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Abstract: The capacity of adult muscle to regenerate in response to injury stimuli represents
an important homeostatic process. Regeneration is a highly coordinated program that partially
recapitulates the embryonic developmental program and involves the activation of the muscle
compartment of stem cells, namely satellite cells, as well as other precursor cells, whose activity is
strictly dependent on environmental signals. However, muscle regeneration is severely compromised
in several pathological conditions due to either the progressive loss of stem cell populations or to
missing signals that limit the damaged tissues from efficiently activating a regenerative program.
It is, therefore, plausible that the loss of control over these cells’ fate might lead to pathological
cell differentiation, limiting the ability of a pathological muscle to sustain an efficient regenerative
process. This Special Issue aims to bring together a collection of original research and review articles
addressing the intriguing field of the cellular and molecular players involved in muscle homeostasis
and regeneration and to suggest potential therapeutic approaches for degenerating muscle disease.

Keywords: muscle homeostasis; muscle regeneration; satellite cells; stem cells; FAPs; tissue niche;
growth factors; inflammatory response; muscle pathology; aging

The regeneration of adult tissues is a highly coordinated process that partially recapitulates
the embryonic developmental program. The myogenic program involves an interplay between
the intrinsic program of muscle lineage specification and extrinsic influence, such as innervation and
growth factor activity. Along with a set of four key transcription factors, namely MyoD, Myf5, Myogenin,
MRF4, other factors have been characterized that play a critical role during the different stages of
muscle development and regeneration. The transcription factor NF-Y is an evolutionarily conserved
heterotrimer formed by the sequence-specific NF-YA and the Histone Fold Domain—HFD—NF-YB/N.
Libetti et al., analyzed the role of the two NF-YA isoforms in myogenic program, proposing that
NF-YAl, but not NF-YAs, maintains muscle commitment by indirectly regulating Myogenin and MyoD
expression in C2C12 cells [1]. The myogenic program is also typically regulated by multiple signaling
pathways and by the interaction of several extracellular matrix components with muscle stem cells.
Lee et al., demonstrated that Thyroid hormones (THs, thyroxin; T4 and triiodothyronine; T3) regulate
the expression of various proteins crucial for muscle development and contractility [2], whereas
Torrente et al., discussed the role of insulin-like growth factor axis on fetal and post-natal growth [3].
The characterization of molecular mechanisms involved in the myogenic program also provides
a roadmap for recapitulating skeletal myogenesis in vitro from pluripotent stem cells (PSCs). Baci et
al., established a reliable protocol to induce the myogenic differentiation of induced pluripotent stem
cells (iPSCs), generated from pericytes and fibroblasts, exploiting skeletal muscle-derived extracellular
vesicles (EVs), in combination with chemically defined factors [4]. This genetic integration-free approach
generated functional skeletal myotubes, maintaining the engraftment ability in vivo. The authors
demonstrated that EVs can act as biological “shuttles” to deliver specific bioactive molecules for
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a successful transgene-free differentiation offering new opportunities for disease modeling and
regenerative approaches [4].

The life-long maintenance of muscle tissue has been the objective of numerous studies employing
a variety of approaches. It is generally accepted that cumulative failure to repair damage related to an
overall decrease in anabolic processes is a primary cause of functional impairment in muscle. Muscle
regeneration occurs in five interrelated and time-dependent phases, namely degeneration (necrosis),
inflammation, regeneration, remodeling, and maturation/functional repair [5]. Although the phases of
muscle regeneration are similar in different organisms (e.g., mouse, rat, human) and after different
types of damage/trauma, the kinetics and amplitude of each phase are different in each organism
and may depend on the extent of damage and the damage model used. Animals adopt different
basic strategies of regeneration that include the activation of adult stem cells, the dedifferentiation of
preexisting cells, and/or the proliferation of differentiated cells. This diversity of mechanisms is still
widely understudied and underexploited for biomedical applications.

Forcina et al., provided an exhaustive overview about the general aspects of muscle regeneration
and discussed the different approaches to study the interrelated and time-dependent phases of
muscle healing [5], whereas Zullo et al., discussed, in an interesting review, the insights into
the evolutionary aspect of muscle regeneration [6]. In these reviews, the authors integrated the principles
of the physiologic muscle regeneration with a technical approach, reporting key experimental methods
and markers employed to study cellular and molecular interactors dominating each stage of muscle
healing [5] and provided an outline of main animals’ clades, muscle types, their development,
homeostasis, and regeneration abilities highlighting what is known of their molecular mechanisms [6].
Moreover, the review by Poovathumkadavil and Jagla [7] discussed how the Drosophila model could
help understand the mechanisms of muscle homeostasis and regeneration, discussing the genetic
control mechanisms of muscle contraction, development, and homeostasis with particular emphasis
on the contractile unit of the muscle, the sarcomere.

The maintenance of an efficient regeneration process is guaranteed by both satellite cells’ niche
environment and satellite cells’ pool. By disrupting either one of the two or both, the impairment
in muscle regeneration suddenly happens, as likely occurs in many muscular dystrophies. Indeed,
one of the critical points that remain to be addressed is why skeletal muscle fails to regenerate under
pathological conditions. Either the resident muscle stem cells drastically decrease during aging and in
several degenerative diseases or perhaps the pathological muscle is a prohibitive environment for stem
cells activation and function. Although we lack definitive answers, several studies suggested that with
age or under pathological conditions, the systemic environment impinges the activity of satellite cells
and stimulates fibrotic accumulation [8].

Muscle homeostasis and regeneration are indeed severely impinged in several pathologic
conditions such as sarcopenia, cachexia, and muscle dystrophies.

In the review by Pratt et al. [9] the authors aimed to identify genetic variants known to be
associated with muscle phenotypes relevant to sarcopenia, the progressive deterioration in skeletal
muscle mass, strength, and physical function with advancing age. The authors, interrogating PubMed,
Embase and Web, using pre-defined search terms such as “aging”, “sarcopenia”, “skeletal muscle”,
“muscle strength” and “genetic association”, identified the genetic variants associated with muscle
phenotypes relevant to sarcopenia in humans; thus, the review might help to further illuminate
the genetic basis of sarcopenia. Heterotopic ossification (HO) is another dysregulation process of
skeletal muscle homeostasis and regeneration, which results in mature bone formation in atypical
locations. Pulik et al., made the survey of cells responsible for heterotopic ossification development in
skeletal muscles [10].

Satellite cells (SCs) are the main actors of myofiber regeneration after damage. Nevertheless,
successful muscle healing requires the participation of additional cell types that directly or indirectly
contribute to this process. SC activity is known to be influenced by signals deriving from the surrounding
environment and by interactions with other cellular components of muscle niche. Petrilli et al., provided
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a comprehensive picture of the dynamics of the major cell populations that sensed and responded to
acute damage in wild type mice and in a mouse model of Duchenne muscular dystrophy, a genetic
disease characterized by impaired regenerative process and muscle wasting [11].

One of the mechanisms by which cells communicate with each other involves a conserved delivery
system based on the generation and release of extracellular vesicles (EVs). These vesicles transfer
information between cells through several categories of cargo-enriched biomolecules (i.e., proteins,
lipids, nucleic acids, and sugars), each of them selectively influencing different cellular domains. Picca
et al., demonstrated that older adults with physical frailty and sarcopenia show increased levels of
circulating small extracellular vesicles with a specific mitochondrial signature [12].

Muscle wasting disorders, including sarcopenia and muscular dystrophies, are also characterized
by the gradual replacement of muscle fibers by adipose and fibrotic tissue, which represent critical
components of a hostile microenvironment/niche. Transforming Growth Factor β (TGF-β) is known
for its role in the regulation of skeletal muscle size as well as fibrosis. Hillege et al. [13] assessed
the time-dependent effects of TGF-β signaling and downstream signaling on the expression of myogenic,
atrophic, and fibrotic genes in both myoblasts and myotubes. The authors showed that TGF-β inhibits
myogenic gene expression in both myoblasts and myotubes but does not affect myotube size in vitro.
Most importantly, TGF-β regulates the expression of fibrotic genes in both myoblasts and myotubes in
a time-dependent manner [13].

Recent studies on the factors involved in skeletal muscle growth, differentiation, homeostasis, and
regeneration have provided new insights into the function of these signaling molecules in muscle and
suggest promising new avenues for systemic as well as local intervention in the defects associated with
many muscle pathologies. Thus, skeletal muscle repair/regeneration may benefit by the treatments
with factors that favor regenerative myogenesis and support the robustness of regenerated myofibers.

The inflammatory response of injured skeletal muscle plays an important and critical role in
muscle homeostasis and regeneration and involves the recruitment of specific myeloid cell populations
within the injured area. Thus, the inflammatory response is a coordinate process that must be
finely regulated to obtain an efficient regenerative process, and the perturbed spatial distribution of
inflammatory cells, altered identity of the inflammatory infiltrate (cell type and magnitude of influx)
and disrupted temporal sequence results in a persistent rather than resolved inflammatory phase.
The transcription factor Nfix, a member of the nuclear factor I (Nfi) family, plays a pivotal role during
muscle development, regeneration and in the progression of muscular dystrophies. Saclier, et al.,
showed that Nfix is mainly expressed by anti-inflammatory macrophages [14]. Upon acute injury, mice
deleted for Nfix in myeloid line displayed a significant defect in the process of muscle regeneration.
Indeed, Nfix protein is involved in the macrophage phenotypical switch and macrophages lacking Nfix
failed to adopt an anti-inflammatory phenotype and interact with myogenic cells.

Cappellari et al., taking Duchenne muscular dystrophy as a paradigm of defect in muscle
regeneration, reviewed the main effects of drugs on regeneration biomarkers to assess whether targeting
pathogenic events can help to protect niche homeostasis and enhance regeneration efficiency other
than protecting newly formed fibers from further damage [15]. Squecco et al., reported the beneficial
role of Platelet-Rich Plasma (PRP) treatment owing to PRP pro-myogenic and anti-fibrotic effects [16].
The main relevance of this study was the contribution toward defining the molecular and functional
mechanisms regulating TGF-β1-induced fibroblast–myofibroblast transition, highlighting the role
of Gap Junctions in this process as well as the involvement of voltage-dependent connexin isoform,
namely Cx43. Leduc-Gaudet et al., analyzed the effect of Parkin on disease model, demonstrating
that Parkin overexpression prevents sepsis-induced skeletal muscle atrophy, likely by improving
mitochondrial quality and contents [17].

The study by Soendenbroe et al., supported the role of exercise in maintaining NMJ stability, even
in elderly inactive individuals [18], whereas Jin and co-workers demonstrated that the functions of
Lysine (Lys), the first limiting essential amino acid for mammals, in muscle mass accumulation are
mediated by satellite cells and the mTORC1 pathway [19].
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The maintenance of skeletal muscle mass plays a critical role in health and quality of life.
Jorgenson et al., discussed how mechanical loads are one of the most potent regulators of muscle
mass [20]. The authors have summarized the major structural adaptations that have been implicated
in the mechanical load-induced growth of skeletal muscle and have also considered whether each of
these adaptations makes a substantive contribution to the overall growth process [20].

Homeostasis represents one of the most important and critical parameters of adult tissues,
including skeletal muscle, and it is defined as the capability of a system to maintain a constant state of
complexity and order in a dynamic equilibrium. Interestingly, skeletal muscle is well-maintained in
hibernators during hibernation, a unique survival strategy exhibited by various mammals in order to
cope with adverse environments in winter, during which hibernators not only face the challenge of
prolonged skeletal muscle inactivity, but also deal with other stresses, including hypoxia, fasting, and
repeated ischemia-reperfusion during the torpor-arousal cycle.

The maintenance of cytoplasmic calcium (Ca2+) homeostasis is important for the preservation
of a normal structure and function of skeletal muscle fibers. Skeletal muscle inactivity can trigger
Ca2+ homeostasis disturbance, often characterized by cytoplasmic Ca2+ overload, leading to protein
degradation and cell apoptosis, both involved in skeletal muscle loss. Zhang et al., demonstrated that
under extreme conditions, such as low temperature, low metabolism, and prolonged hindlimb inactivity
during hibernation, hibernating ground squirrels still possess the ability to maintain intracellular Ca2+

homeostasis [21]. Therefore, maintaining intracellular Ca2+ homeostasis and avoiding skeletal muscle
injury caused by its disturbance appear to be priority strategies employed by hibernating squirrels
to cope with the various stresses induced during the torpor–arousal cycle. In addition, Malatesta
et al., demonstrated that during hibernation, satellite cell nuclei maintain similar transcription
and splicing activity as in euthermia, indicating an unmodified status during immobilization and
hypometabolism [22]. Skeletal muscle preservation during hibernation is presumably not due to
satellite cells activation, but rather to the maintenance of some functional activity in myofibers that is
able to counteract muscle wasting

We believe that the papers in this Special Issue, each addressing a specific aspect of muscle
homeostasis and regeneration under physiopathologic conditions, will help us to better understand
the underlying mechanisms and will help to design more appropriate therapeutic approaches to
improve muscle regeneration and to counteract muscle diseases.

Funding: The research in author’s lab was supported by ASI, Ricerca Finalizzata (RF-2016-02364503),
Ateneo-Sapienza, Fondazione Roma.
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Abstract: NF-YA, the regulatory subunit of the trimeric transcription factor (TF) NF-Y, is regulated
by alternative splicing (AS) generating two major isoforms, “long” (NF-YAl) and “short” (NF-YAs).
Muscle cells express NF-YAl. We ablated exon 3 in mouse C2C12 cells by a four-guide CRISPR/Cas9n
strategy, obtaining clones expressing exclusively NF-YAs (C2-YAl-KO). C2-YAl-KO cells grow normally,
but are unable to differentiate. Myogenin and—to a lesser extent, MyoD— levels are substantially
lower in C2-YAl-KO, before and after differentiation. Expression of the fusogenic Myomaker and
Myomixer genes, crucial for the early phases of the process, is not induced. Myomaker and Myomixer
promoters are bound by MyoD and Myogenin, and Myogenin overexpression induces their expression
in C2-YAl-KO. NF-Y inactivation reduces MyoD and Myogenin, but not directly: the Myogenin
promoter is CCAAT-less, and the canonical CCAAT of the MyoD promoter is not bound by NF-Y
in vivo. We propose that NF-YAl, but not NF-YAs, maintains muscle commitment by indirectly
regulating Myogenin and MyoD expression in C2C12 cells. These experiments are the first genetic
evidence that the two NF-YA isoforms have functionally distinct roles.

Keywords: splicing isoforms; CRISPR-Cas9; exon deletion; NF-Y; muscle differentiation; C2C12 cells

1. Introduction

Cell specification and differentiation during development of multicellular organisms is a complex
set of events resulting in the formation of organs, whose physiology is maintained by a balance
of cell proliferation and differentiation. A paradigmatic example of these phenomena is formation
of skeletal muscle. In the case of mammals—mouse in particular—the process begins at early
developmental stages, proceeding through embryonic, fetal and adult stages [1,2]. Sequence-specific
transcription factors—TFs—play a central role in specifying the identities of myoblasts, their migration
to different body locations, organization and the capacity to self-renew and differentiate into myotubes.
These properties are key to guarantee maintenance and functionality of the different muscles throughout
the lifespan of the organism, including repair after injury in adult life. A set of four key TFs
—MyoD, Myf5, Myogenin, MRF4, termed myogenic regulatory factors (MRFs)—have been identified
and thoroughly studied by genetic and biochemical means for their capacity to specify myoblasts
identity [3,4]. During development, PAX3/7 are located upstream of MRFs [5]; downstream are many
TFs, such as the MADS box MEF2A/C/D [6,7], the bHLH ID1/3 [8–10] and SNAI1 [11], the HOX
SIX1/4/5 [12–15], STAT3 [16], NFIX [17,18] and the ZNF KLF2/4/5 [19,20]. Unlike MRFs, most of these
TFs are not expressed predominantly in muscle cells and are equally important for development and
differentiation of other tissues and organs [21–25].

NF-Y is an evolutionarily conserved heterotrimer formed by the sequence-specific NF-YA and the
Histone Fold Domain—HFD—NF-YB/NF-YC [26]. The sequence recognized by NF-Y is the CCAAT
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box, which plays an important role in the activation of 25%–30% of mammalian genes. NF-Y has
been classified as ”pioneer” TF, in mammals and plants [27–31]. NF-YA is the regulatory subunit;
it is alternatively spliced, generating two major isoforms “short” (NF-YAs) and “long” (NF-YAl),
differing in 28 amino acids coded by exon 3 [32]. This stretch is located at the N-terminus of the protein,
in the Gln-rich transactivation domain (TAD). NF-YAs and NF-YAl have identical subunits-interactions
and DNA-binding properties in vitro; ChIP-seq from cells harboring predominantly either one of the
two isoforms showed recovery of peaks enriched in CCAAT. The isoforms are expressed at various
levels in different tissues and cell lines [32,33]. Importantly, no cell line has been so far described
lacking NF-YA—nor the HFDs—and NF-YA inactivation was reported to be fatal to cells [28,34].
NF-YAl is the predominant isoform in muscle C2C12 cells: it is abundant in proliferating cells, but it
drops to low levels following terminal differentiation to myotubes, unlike the HFD partners [35–37].
Highly reduced NF-YA protein was found in myotubes of adult mice [38]. This suggested that
genes up-regulated in the terminal phases of muscle differentiation are either CCAAT-less or not
NF-Y-dependent, whereas the trimer activates cell-cycle and growth-promoting genes required during
the proliferative state. However, overexpression of NF-YAl led to improved differentiation of C2C12 [39],
suggesting that NF-YAl does take part in the differentiation process.

For decades, C2C12 myoblast cells have represented an informative tool to identify genes involved
in muscle differentiation [40]. Ablation of the whole NF-YA gene is early embryonic lethal [41], and KO
in stable cell lines could not be generated so far. We investigated the role of NF-YAl by genetically
ablating exon 3, leading to the production of an intact NF-YAs. We successfully generated homozygous
C2C12 lines expressing only NF-YAs and went on to study differentiation properties.

2. Materials and Methods

2.1. Cell Culture and Proliferation Assay

Mouse myoblast cells (C2C12, ATCC) were cultured in Dulbecco’s modified Eagle’s medium
(DMEM) supplemented with 10% Fetal Bovine Serum (FBS, Gibco-Thermo Fisher Scientific),
4 mM l-Glutamine, 100 units/mL penicillin and 100 μg/mL streptomycin (GM, growth medium),
in a humidified 5% CO2 atmosphere at 37 ◦C. C2C12 cells differentiation was induced plating cells
in DMEM with 2% horse serum (Gibco-Thermo Fisher Scientific), 4 mM l-Glutamine, 100 units/mL
penicillin and 100 μg/mL streptomycin (DM, differentiation medium). Proliferation assay was
performed by plating 1.5 × 105 cells into a 12-well plate and counting every 24 h for 3 days, using the
Trypan Blue dye exclusion test. All data were gathered from at least three independent biological
replicates. Multiple comparisons were performed using the One-way ANOVA test.

2.2. Derivation of C2-YAl-KO Clones

To delete the exon 3 of NF-YA gene in C2C12 cells, four guide RNAs (gRNAs) were designed to
simultaneously target the two flanking introns by using the online tool https://zlab.bio/guide-design-
resources. Potential off-target sites were monitored by the online tool https://crispr.cos.uni-heidelberg.
de: Table S1 shows the results of such analysis for the four guides. The selected gRNAs had no common
off-target sites and were cloned in the two plasmids pX330A_D10A-1x2_ac and pX330A_ D10A-1x2_bd,
following the Multiplex CRISPR/Cas9n Assembly System Kit protocol [42]. 1 × 106 C2C12 cells were
transfected with 3 μg of the two gRNAs/CRISPR/Cas9n plasmids by electroporation and plated at low
density. 72 h after transfection, single clones were picked, expanded and screened.

For DNA extraction, cells from the individual clones were washed with PBS, collected by scraping,
lysed in 100 μL ice-cold lysis buffer (40 mM Tris-HCl, 2 mM EDTA, 0.08% SDS, 80 mM NaCl, 0.5 μg/μL
Proteinase K) and incubated overnight at 37 ◦C in agitation. To precipitate DNA, 100 μL of ice-cold
2-propanol and 0.3 M NaAc were added, samples were mixed and centrifuged at 13,000 rpm for 30 min
at 4 ◦C. The pellet was washed with 150 μL of 70% ethanol, centrifuged at 13,000 rpm for 30 min at
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4 ◦C. Supernatant was discarded, the pellet was dried and resuspended in 30 μL H2O. The resulting
DNAs were then screened for positive exon 3 deletion by PCR.

We screened a total of 335 individual clones and obtained 2 independent homozygously
edited clones.

2.3. Protein Extraction and Western Blot Analysis

For Whole Cell Extracts preparation, cells were pelleted by centrifugation, resuspended in ice-cold
RIPA buffer (10 mM TrisHCl pH 8.0, 1 mM EDTA, 0.5 mM EGTA, 0.1% SDS, 0.1% sodium deoxycholate,
140 mM NaCl, 1% Triton X-100, 1 mM PMSF, Protease inhibitor cocktail) and incubated for 30 min
on ice, with occasional shaking. Samples were centrifuged at 13,000 rpm for 10 min at 4◦C and the
supernatant recovered and quantified using the Bradford protein assay.

20 μg of extracts were loaded on a 4–10% SDS-polyacrylamide gel and analyzed by Western
blot using primary antibodies and a peroxidase-conjugate secondary antibody (Sigma-Aldrich).
Primary antibodies: anti-NF-YA (G-2, Santa Cruz), anti-NF-YB (GeneSpin), anti-NF-YC (home-made)
anti-Vinculin (H-10, Santa Cruz), anti-MyHCs (MF20, DHSB), anti-Myogenin (IF5D, DHSB), anti-MyoD
(C-20, Santa Cruz), anti-Myf5 (C-20, Santa Cruz), anti-Pax3 (DHSB), anti-Snai1 (C15D3, Cell Signaling).
Western blot experiments were performed on three independent biological replicates.

2.4. Reverse Transcriptase PCR and Real-Time PCR

RNA was isolated by the Tri Reagent (Sigma-Aldrich) protocol according to the manufacturer’s
instruction. The cDNA was produced starting from 1 μg of total RNA using the MMLV
Reverse Transcription Mix (GeneSpin) and used for real-time PCR (SYBR® Green Master Mix,
Bio-rad Laboratories) analysis. Real-time PCRs were performed with oligonucleotides designed to
amplify 100–200 bp fragments (Table S2). The housekeeping gene Rsp15a was used to normalize
expression data. The relative sample enrichment was calculated with the formula 2–(ΔΔCt), where ΔΔCt
= [(Ct sample – Ct Rps15a)x − (Ct sample – Ct Rps15a)y], x = sample and y = sample control. RT-qPCR
analyses were performed on three independent biological replicates. For ChIP experiments, we figured
out the percentage of input immunoprecipitated by NF-YB and nc (negative control) antibodies.
Results of three independent experiments were represented as Fold change (Fc) between NF-YB sample
and nc sample as: %Input NF-YB/%Input nc.

2.5. Flow Cytometry Analyses

Cells were harvested by trypsinization and washed in PBS, fixed in ice-cold 70% ethanol and
stored at 4 ◦C at least 24 hours. Cells were then washed with 1% BSA in PBS and resuspended in
500 μL of PI-staining solution (20 μg/mL Propidium Iodide, 10 μg/mL RNaseA, 1X PBS) at room
temperature for 30 minutes, light protected. FACS analyses were performed using the BD FACSCantoII,
analyzed with FACSDiva software and quantified with FlowJo. A total of 104 events were acquired for
each sample. Three independent FACS experiments were performed.

2.6. Immunofluorescence

For immunofluorescence analyses, cells were washed three times with PBS and fixed 10 min with
ice-cold acetone-methanol (1:1) at room temperature. After three washes, cells were permeabilized with
0.25% Triton X-100 in PBS for 5 min and incubated 1 h with the primary antibody anti-sarcomeric MyHCs
(MF20, DHSB) at room temperature. Cells were washed three times, permeabilized 5 min with 0.25%
Triton X-100 in PBS and incubated with secondary FITC anti-mouse antibody (1:500, Sigma-Aldrich)
plus DAPI (2 μg/mL) for 40 min at room temperature, light protected. The acquisition was performed by
using the inverted microscope Leica DMI6000 B. Three independent immunofluorescence experiments
were performed.
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2.7. Overexpression and RNA Interference Experiments

Myogenin overexpression was performed by electroporating 1 × 106 C2C12 cells with 3 μg of
plasmid (pEMSV-Empty/pEMSV-Myog) and plating them in DM for 96 h. Cells were then collected
and analyzed. Three independent biological replicates were performed.

For small interfering RNA (siRNA)-mediated knockdown of NF-YB [29], 2 × 106 C2C12 cells
were transfected by electroporation with 100 nM of NF-YB [29] or scrambled control siRNA (Qiagen,
SI01327193) and plated into a 10 cm plate in GM condition. 72 h after transfection, cells were collected by
scraping for total protein preparation and RNA extraction. Gene expression was analyzed performing
real-time PCR. Two independent biological replicates of siRNA interference were performed.

2.8. Chromatin Immunoprecipitation Assay (ChIP)

ChIPs were performed as described previously [43] with the following modifications.
Briefly, 2 × 107 cells were crosslinked using 1% formaldehyde for 7 min, the reaction was quenched with
125 mM glycine and cells were collected by scraping. After lysis, nuclei were resuspended in Sonication
buffer (50 mM Tris-HCl pH 8, 10 mM EDTA, 0.1% SDS, 0.5% sodium deoxycholate, protease Inhibitor
cocktail) and sonicated (Bioruptor, Diagenode) to obtain fragments of approximately 150–300 bp,
verified on agarose gel electrophoresis. Samples were centrifuged at 13,000 rpm for 10 min at 4 ◦C and
supernatants recovered and quantified by Bradford assay. One hundred micrograms of chromatin were
immunoprecipitated with 5 μg of anti-NF-YB (GeneSpin) and anti-FLAG (Sigma-Aldrich) antibodies.
Protein-G beads (KPL) were used for recovery of antibody-bound proteins. Crosslinking was reversed
by incubation at 65 ◦C overnight. Reactions were digested with RNase A and Proteinase K and DNA
purified using the DNA purification kit (PCR clean Up, GeneSpin). The DNA was eluted in TE (10 mM
Tris-HCl pH 8, 1 mM EDTA) and used in real-time PCR. Three independent biological replicates of
ChIP experiments were performed.

3. Results

3.1. Ablation of NF-YA Exon 3 in C2C12 Cells by a Four Guides CRISPR/Cas9n Strategy

Mouse C2C12 cells mostly express NF-YAl [35–38]. To study the role of this isoform in maintenance
and differentiation of C2C12, we set out a strategy to selectively eliminate exon 3, coding for the 28 extra
amino acids present in NF-YAl and absent in NF-YAs. We figured that the use of four guides flanking
precisely the exon 3 regions and of the single strand-cutting Cas9-nickase (Cas9n) would minimize
off-target effects, which potentially affect the outcome of this technology [44]. Figure 1A shows the
design of the four guide oligonucleotides, two couples targeting the 5’ and 3’ intronic DNA flaking
exon 3, respectively. The two couples of oligos were first checked for absence of common genomic
targets (Table S1) and cloned unpaired in the final pX330A_D10A-1x2_ad and pX330A_D10A-1x2_cb
(Figure S1A), also expressing the Cas9n gene. The two plasmids were transfected in growing C2C12 cells
by electroporation. Individual clones were isolated, expanded and analyzed by PCR, employing the
amplicons shown in Figure 1B. As expected, the strategy was less efficient if compared to the standard
use of two guides plus wt Cas9: 335 clones were individually screened and two were positive for
correct ablation in homozygosity, as shown in Figure 1C. The results of PCRs of the two positive
clones, #83 and #117, show the expected bands for the A, B and C amplicons, absent in the DNA of
the parental C2C12 cells. The regions surrounding exon 3 in both clones were then amplified and
sequenced: Figure S1B confirms the deletion of coding sequences of exon 3, with somewhat different
ends in the two clones. In summary, we successfully ablated NF-YA exon 3, deriving two clones termed
C2-YAl-KO. To the best of our knowledge, this is the second system of genome editing describing
a clean deletion of an individual exon [45] and the first one employing the Cas9 nickase system coupled
with four gRNAs.
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Figure 1. Strategy for ablation of NF-YA exon 3 in C2C12 cells using CRISPR/Cas9n and four gRNAs.
(A) Gene editing strategy for NF-YA exon 3 deletion using the Cas9-nickase (Cas9n) and four guide
RNAs. The targeted sequence by each guide RNA and the deletion sites are shown. Note that Cas9n
cuts only the DNA strand that is complementary to and recognized by the gRNA, making necessary
the simultaneous presence of two gRNAs/Cas9n complexes to induce a double-strand break (DSB).
(B) The three primer pairs used to check for positive C2-YAl-KO clones are shown with the specific
amplification products highlighted by the dashed lines. (C) Example of PCR products run into a 1.2%
agarose gel. The expected bands in control cells (ctr) are marked with arrowheads; clones #83 and #117
represent positive C2-YAl-KO clones.

3.2. Characterization of C2-YAl-KO Cells

The two C2-YAl-KO clones were characterized first for expression of NF-YA. We performed
qRT-PCR analysis with oligos specific for the individual isoforms [46]; Figure 2A shows that the NF-YAl
mRNA is absent in the C2-YAl-KO clones. Extracts were prepared and Western blots performed: as
expected, the parental C2C12 cells show expression of NF-YAl (Figure 2B). Instead, the clones express
uniquely the NF-YAs isoform. We exposed the blots for long times to verify that no NF-YAl is visible
in the two KO clones. Note that the levels of the two isoforms in parental cells—NF-YAl—and edited
clones—NF-YAs—are essentially identical, as are the levels of NF-YB and NF-YC: since there is an
important level of autoregulation among NF-Y subunits [47], this result indicates that HFD subunits
are available for trimer formation and DNA-binding in C2C12 and C2-YAl-KO cells. In summary,
genetic ablation of exon 3 in C2C12 was effective, leading to generation of clones that express uniquely
the short isoform of NF-YA at physiological levels.

11



Cells 2020, 9, 789

Figure 2. C2-YAl-KO clone characterization. (A) Gene expression analysis of NF-YA short and long
levels in ctr and C2-YAl-KO clones (#83 and #117) in growth medium (GM) condition. Error bars
represent the SD of three independent experiments. P-values were calculated using the one-sample
t-test. (B) Western blot analysis of NF-Y protein subunits (NF-YA, NF-YB, NF-YC) in ctr cells and
C2-YAl-KO clones (#83 and #117) in GM condition. For NF-YA isoforms analysis, short and long
exposures are shown. Vinculin was used as loading control. (C) Phase contrast analysis of myoblast
cells (ctr and C2-YAl-KO clones) morphology in GM condition. Scale bar 200 μm. (D) Proliferation
assay performed in GM condition counting every 24 h for 3 days using the Trypan Blue dye exclusion
test. Error bars represent the SD of three independent experiments. P-values were calculated using the
one-way ANOVA test. (E) Gene expression analysis of key cell-cycle regulators in ctr and C2-YAl-KO
clones (#83 and #117) in GM condition. Error bars represent the SD of three independent experiments.
P-values were calculated using the one-sample t-test.

Next, we started to analyze the phenotype of the KO clones: they are stable upon repeated
cycles of freezing and thawing and their morphology looks apparently similar to the parental C2C12
cells (Figure 2C). In mouse embryonic stem cells, expression of NF-YAs is associated with growth,
and NF-YAl to differentiation [43]: in theory, NF-YAs-expressing C2C12 clones could be enhanced
in proliferation. Cells were compared for growth under standard conditions: Figure 2D shows that
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growth curves are similar, with the two edited clones being marginally slower. In FACS analysis, we did
notice some differences: a higher number of S-phase and G2/M cells in the two clones (Figure S2, 21%
and 28%, with respect to 18% in C2C12). We checked the mRNA levels of PCNA, Cyclin B1/B2: a slight
increase of Cyclin B1 and PCNA in the KO clones is observed (Figure 2E); although not statistically
significant, this is consistent with the FACS data. The most noticeable difference, however, was the
lower number of sub-G1 cells: 6%–7% in the two clones compared to 12% in the parental C2C12 cells
(Figure S2): such non cycling cells are possibly undergoing cell death, suggesting that the switch to
NF-YAs is not provoking negative effects on cellular vitality, and, if anything, the opposite. In summary,
C2-YAl-KO clones expressing NF-YAs have an apparently normal morphology, grow well, but not
faster, with the expected partitioning in cell cycle phases, bar slightly elevated G2/M and decreased
sub-G1 populations.

3.3. C2-YAl-KO Cells Fail to Differentiate and Fuse into Myotubes

The levels of NF-YAl drop following terminal differentiation of C2C12 cells and myotubes of
mouse muscles show low-to-nil levels of NF-YAl [35–39]. To ascertain whether NF-YAs-expressing
cells could form myotubes, we switched the parental C2C12 and the two C2-YAl-KO clones at
70%–80% confluence to a differentiation medium. Before and after 72 h, we monitored cell morphology,
performed Immunofluorescence experiments and derived whole cell extracts. Figure 3A shows
that parental C2C12 form well organized, multinucleated myotubes, as expected (Upper Panels).
The average number of nuclei per fiber is 15, in keeping with an efficient process (Figure 3B). On the
other hand, the two edited clones showed a dramatic lack of myotubes formation: cells did not fuse;
they were disorganized (Figure 3A, lower panels). We reasoned that the process could be simply slower
in these cells and prolonged differentiation up to 5 days: this did not lead to formation of myotubes,
nor cell fusion in the C2-YAl-KO clones (not shown). Immunofluorescence and Western blot data are
consistent: the MyHCs marker is clearly visible in IFs (Figure 3A, right panels) and WB (Figure 3C) in
C2C12 cells after differentiation, but not in the two edited clones. Interestingly, the levels of Myogenin
and MyoD were substantially lower both in growing cells and at these late stages of differentiation
in C2-YAl-KO clones. As previously reported, NF-YAl, in C2C12, and NF-YAs, in the edited clones,
are down-regulated after 72 h of differentiation; NF-YB remained unchanged (Figure 3C). In summary,
we conclude that terminal differentiation is completely blocked in C2C12 cells expressing NF-YAs
instead of NF-YAl.
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Figure 3. C2-YAl-KO clones fail to differentiate into myotubes. (A) Phase contrast analysis of myoblast
cells (ctr and C2-YAl-KO clones) before and after 72 h of differentiation (differentiation medium
(DM) condition) and immunofluorescence analyses after 72 h of differentiation. Antibody against all
sarcomeric MyHCs and DAPI were used. (B) Fusion index was calculated as the number of nuclei
in each myotube (with three or more nuclei). (C) Western blot analysis of key muscle differentiation
regulators (MyHCs, MyoD), NF-YA isoforms (NF-YAl, NF-YAs) and NF-YB proteins, before (GM) and
after 72 h of differentiation (72 h DM). Vinculin was used as loading control. The experiment was
performed three times.

3.4. Expression of TFs in C2-YAl-KO

We analyzed expression of MRFs and TFs with a proven role in differentiation, in the parental and
in the C2-YAl-KO cells under growing conditions and 24 h after differentiation. Profiling experiments
established this as an early time point to detect significant changes in gene expression [48]. Note that
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most of the TFs analyzed have CCAAT in promoters and some formally shown to be under NF-Y
control. First, we verified expression levels of MRFs in parental C2C12 (Figure S3): Myogenin is
robustly induced; MyoD is modestly increased; Myf5 is modestly decreased after differentiation;
Mef2C, but not Mef2D, is robustly increased. These changes are in agreement with expectations [49].
At the same time, we analyzed other TFs shown to be important for muscle differentiation: Six1/4/5,
Snai1, Stat3 and Klf5 are all increased upon C2C12 differentiation, Id1/3 are modestly decreased, Pax3 is
unchanged (Figure S3). These results are also in agreement with published data. Having established
that our differentiation program runs normally in C2C12 cells, we monitored expression of these genes
in the C2-YAl-KO clones. The results are shown in Figure 4A for growing conditions and Figure 4B
for differentiation. MRFs show the most conspicuous differences: Myogenin is almost undetectable
in growing C2-YAl-KO clones and marginally increased upon differentiation. MyoD basal levels are
normal, but induction is reduced upon differentiation, compared to parental C2C12. Myf5 expression
is basally similar in the edited clones and higher after differentiation (Figure 4A,B). Mef2C levels are
similar in growing conditions, but lower after differentiation: note that the levels are very low basally
and differences with parental C2C12 cells are not statistically significant. Mef2D expression is identical
in C2C12 and edited clones. As for the other TFs, Six1/4/5, Klf5 and Pax3 show similar expression
patterns (Figure 4A,B). Minor changes are observed in growing conditions for Snai1, Stat3 and Id1 (one
clone only) and for Id1 (same clone) after differentiation. Finally, Id3 shows somewhat higher levels
before and after differentiation, but again, these changes are variable in the three experiments and thus
not statistically significant.
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Figure 4. MRFs are downregulated in C2-YAl-KO clones. (A) Gene expression analysis of key muscle
differentiation regulators (left panel) and other TFs shown to be important for muscle differentiation
(right panel) in GM condition. Error bars represent the SD of three independent experiments. P-values
were calculated using the one-sample t-test. (B) Gene expression analysis of key muscle differentiation
regulators (left panel) and other TFs shown to be important for muscle differentiation (right panel) 24 h
after differentiation (24 h DM). Error bars represent the SD of three independent experiments. P-values
were calculated using the one-sample t-test. (C) Western blot analysis of key muscle differentiation
regulators (Myogenin, MyoD, Myf5), NF-YA isoforms (NF-YAl, NF-YAs) and NF-YB proteins and other
TFs shown to be important for muscle differentiation (Pax3, Snai1), in GM and 24 h DM. Vinculin was
used as loading control.
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To substantiate these results, protein expression of selected TFs was monitored by Western Blot
analysis. Figure 4C shows that Myogenin levels are consistent with the mRNA data, being much
lower in C2-YAl-KO clones than in parental cells, both in growing cells and after 24 h of differentiation.
MyoD is substantially reduced in growing and differentiating clones, compared to parental C2C12.
Note that protein levels were far lower than expected based on the mRNA levels, especially under
growing conditions: this calls for post-transcriptional control in edited clones. Myf5 protein is
downregulated in C2C12 after differentiation, as expected; in edited clones, it shows lower levels in
growing cells, but higher after induction. NF-YA and NF-YB show the expected patterns; Pax3 is very
modestly increased in C2-YAl-KO clones and Snai1 is unchanged. In summary, C2-YAl-KO cells have
substantial differences in MRFs levels with respect to C2C12 cells, both before and after differentiation,
whereas the other TFs showed rather minor changes.

3.5. Expression of Myomaker and Myomixer Is Activated by Myogenin and It Is Impaired in C2-YAl-KO

We were intrigued by the lack of cell fusion of the C2-YAl-KO clones after
induction of differentiation. Myomaker—Mymk—and Myomixer—Mymx—are genes induced
transcriptionally during muscle terminal differentiation, including in the C2C12 system [50,51].
Specifically, their expression is essential for the process of myocytes fusion [52]. We checked expression
by qRT-PCR in parental C2C12 and in the two edited clones 24 h after differentiation. Figure 5A shows
a strong induction—20-fold—of both Myomaker and Myomixer in C2C12 cells. C2-YAl-KO have much
lower levels in growing cells (Figure 5B) and even more after differentiation (Figure 5C).

The obvious hypothesis was that these genes are under direct NF-Y control. We surveyed
their promoter sequences and verified that no bona fide CCAAT box is present, notably within the
evolutionary conserved areas: given the specificity of NF-Y CCAAT recognition, we considered unlikely
that it acts directly on their expression. Genetic experiments in zebrafish have recently shown that
Myomaker and Myomixer are directly activated by Myogenin [53]. We analyzed ENCODE datasets of
C2C12 cells and found that Myogenin and MyoD target both promoters. Myomixer has apparently
one promoter, Myomaker has two promoters, some 4 kb distant from each other: Figure 5D shows the
overlapping peaks of Myogenin and MyoD. Myogenin binds exclusively after 24 h of differentiation,
in accordance with its induced expression. One MyoD peak is visible already under growing conditions
on Myomaker, and two additional peaks are found at 24 h. Importantly, the regions bound by MyoD
and Myogenin in these two promoters are conserved across vertebrates, as shown by PhastCons data
in Figure S4A: this corroborates the functional relevance proven in zebrafish [53]. To verify whether
Myogenin activates Myomaker and Myomixer, we overexpressed it in parental C2C12 and in one
of the C2-YAl-KO clones (#83) and induced to differentiate: Western blot of Figure 5E shows the
increased levels of Myogenin compared to cells transfected with an Empty vector control; q-RT-PCR of
Figure 5F shows that Myogenin overexpression has negligible effects on expression of the endogenous
Myomaker and Myomixer in parental C2C12, but it increases expression of both genes in the C2-YAl-KO
cells. Finally, morphological observation of the edited cells shows —incomplete—improvement in
differentiation (Figure S4B).

In essence, we find that the marginal levels of Myogenin in C2-YAl-KO cells could result in
lack of induction of the Myomaker and Myomixer targeted genes, entailing lack of cell fusion in
NF-YAs-expressing clones.
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Figure 5. Myogenin directly regulates Myomaker and Myomixer expression. (A) Relative expression
levels of Myomaker (Mymk) and Myomixer (Mymx) in C2C12 cells before and after 24 h of differentiation
(24 h DM). Error bars represent the SD of three independent experiments. P-values were calculated
using the one-sample t-test. (B,C) Relative expression levels of Myomaker (Mymk) and Myomixer
(Mymx) in C2C12 cells before (B) and after 24 h of differentiation (C) in ctr and the two C2-YAl-KO
clones. Error bars represent the SD of three independent experiments. P-values were calculated
using the one-sample t-test. (D) ChIP-seq peaks of MyoD and Myogenin on Mymk and Mymx
promoters in GM and after 24 h of differentiation (24 h DM) (UCSC-genome browser available tracks).
Vertical viewing range Mymk: min 0, max 5.5. Vertical viewing range Mymx: min 0, max 8. (E) Western
blot analysis of Myogenin protein levels in C2C12 cells transfected with a control plasmid (pEmpty) and
the Myogenin-overexpressing plasmid (pMyog) 96 h after differentiation induction. Vinculin was used
as loading control. (F) Relative expression levels of Mymk and Mymx in C2C12 Myog-overexpressing
cells after 96 h of differentiation. Error bars represent the SD of three independent experiments. p-values
were calculated using the one-sample t-test.
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3.6. Myogenin and MyoD Are—Indirectly—Regulated by NF-Y

The results shown above beg the question as to whether NF-Y directly regulates MRFs.
Myogenin and Myf5 promoters do not contain CCAAT boxes, MyoD does [54]. To verify the
NF-Y dependence of these genes, we transitorily inactivated NF-Y activity. In our hands, NF-YA
inactivations by shRNA or siRNA were rather inefficient in C2C12 cells (not shown). We thus
turned to NF-YB by treating C2C12 cells with an siRNA previously shown to be active and very
specific, including in profiling experiments [29]. NF-YB is a necessary component of the DNA-binding
trimer: this allows us to inhibit CCAAT-binding activity, upon siRNA treatment. Most importantly,
unlike NF-YA, NF-YB inactivation does not trigger apoptosis [29,34], making this a suitable choice for
long differentiation processes. Figure 6 shows the results of experiment 1, Figure S5 those of experiment
2: in both, RT-qPCR (Figure 6A and Figure S5A) and Western blots (Figure 6B and Figure S5B) show
far lower expression of NF-YB in C2C12 cells treated with NF-YB siRNA, with respect to the control
siRNA. In mRNA analysis, Myogenin, MyoD and Mef2C, but not Myf5 nor Mef2D, are substantially
downregulated upon NF-Y inactivation; Myomaker and Myomixer are also reduced. Six1/4/5 are
reduced: for Six4, this in keeping with an NF-Y dependence predicted from previous data on NF-Y
binding to a canonical promoter CCAAT [39]. As for Id1 and Id3, they are somewhat reduced, but the
results are borderline significant: Id1 in experiment 2 and Id3 in experiment 1. We conclude that NF-Y
removal entails a reduction of MRFs, which, in turn, could explain the observed drop of Myomaker
and Myomixer. We also show that members of the Six family are NF-Y targets. Analysis of proteins
levels in extracts of siRNA-inactivated cells by Western blots confirmed these results: the levels of
NF-YB were lower (although not to the extent of the mRNA) and paralleled by somewhat lower
levels of NF-YA. Myogenin is substantially decreased and MyoD is also affected, to a lesser extent
(Figure 6B and Figure S5B). We conclude that NF-Y regulates the expression of MyoD and Myogenin
in C2C12 cells.

The Myogenin promoter is CCAAT-less and was not bound by NF-Y in C2C12 cells [39] and,
despite the presence of a canonical CCAAT, the MyoD promoter was also not bound [39]. To understand
whether the positive effect of NF-Y on MyoD is direct, we checked the parental C2C12 cells for the
presence of NF-Y in ChIP experiments. Three independent experiments are shown in Figure 6C and
Figure S5C. The absence of enrichment of NF-Y on MyoD is indeed confirmed, whereas the Stard4
positive control promoter is clearly bound. Equally positive was the promoter of Id1, but not that of
Id3. Note that there is variability in the fold-enrichments in the three experiments: as this is high (from
60 to 800-folds), we consider quantitative changes difficult to interpret, especially when compared to
completely negative promoters such as MyoD and Id3. Therefore, we conclude that NF-Y does not
regulate MyoD directly—and despite promoter binding—NF-Y has modest effects on Id1 transcription
in C2C12 cells.
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Figure 6. Analysis of NF-Y involvement in muscle specific genes expression. (A) Gene expression
analysis of NF-YB and key muscle differentiation regulators in C2C12 cells 72 h after NF-YB silencing
(siNF-YB) and scrambled siRNA control. Error bars represent the SD of two different RT-qPCR
replicates. P-values were calculated using the one-sample t-test. (B) Western blot analysis of NF-YB,
NF-YA and key muscle differentiation regulators (Myogenin, MyoD) protein levels 72 h after NF-YB
silencing (siNF-YB) and the scrambled siRNA control. Vinculin was used as loading control. (C)
ChIP experiment performed on C2C12 ctr cells in GM condition using NF-YB and negative control
(nc) antibodies. The unrelated region (ur) and Stard4 were used as negative and positive control,
respectively. Results are represented as the input percentage of each sample normalized to the input
percentage of the nc antibody.

4. Discussion

By genome editing, we derived clones of C2C12 cells that express NF-YAs instead of NF-YAl.
We verified that NF-YAs—and companion HFDs—are expressed at comparable levels and that it
decreases after differentiation. The edited C2C12 clones are stable, grow normally, yet they are
completely deficient in differentiation. We report defects of basal and induced expression of Myomaker
and Myomixer, early response-genes likely responsible for lack of cell fusion. Their promoters are
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targeted by MyoD and Myogenin. In turn, we find low—basal and induced—levels of MyoD and
Myogenin in the NF-YAs-expressing clones. Finally, expression of both MRFs are indirectly controlled
by NF-Y.

4.1. Role of NF-YA Alternative Splicing in Muscle Cells

Specific isoforms of TFs have long been known to impact heavily on transcriptional regulation.
Paradigmatic examples are the members of the p53/p63/p73 families, whose isoforms, produced by
multiple promoters and alternative splicing, have different targets and often opposing transcriptional
effects [55]. The muscle system is no exception [56,57]. Mef2C and Mef2D undergo alternative splicing
during muscle differentiation [57,58]: a muscle-specific isoform of Mef2D contains exon α2 rather than
α1, both expressed in muscle cells. Growing and early differentiating cells harbors MEF2Dα1; the
switch to MEF2Dα2 occurs in terminal stages of C2C12 differentiation, leading to activation of late genes.
MEF2Dα1 is phosphorylated at two serines by PKA [59], which mediate association with HDACs,
resulting in repression. MEF2Dα2 lacks these residues, functioning as a transcriptional activator.
Parallel molecular mechanisms appear to be operating for the related MEF2Cα1/α2 alternative splicing
isoforms [58]. The key issue in Mef2 splicing regulation is involvement in late stages of differentiation.
Alternative splicing was reported for the master TFs of muscle commitment PAX3 and PAX7, but the
functional roles of the single isoforms are less well characterized [60–64].

We show here that a switch from NF-YAl to NF-YAs causes a major difference in the differentiation
properties of C2C12 cells. The major NF-YA isoforms, originally reported decades ago [32], are only
recently attracting the attention they deserve. In part, this was due to the elusive logic of their expression
patterns: in some systems, cells have NF-YAs before—and NF-YAl after—differentiation; in others,
such as in muscle cells, NF-YAl is mostly found. In part, it was because of the rather unimpressive
nature of the exon 3 amino acids incorporated into NF-YAl: a short stretch rich in glutamines and
hydrophobic residues amid the larger transactivation domain. Overexpression experiments suggested
differences in gene activation [39,65], but these experiments are to be taken with a grain of salt,
because of the large amount of proteins produced, targeting the large number of potential NF-Y
sites in the genome. NF-YA AS is likely more complex than what is shown here. First, NF-YAx is
another alternatively spliced isoform, recently reported in glioblastomas, devoid of exons 3 and 5: this
greatly reduces the activation domain, with important functional consequences [66]. Expression of
NF-YAx will have to be monitored in normal cells, to verify whether it is specific for glioblastomas.
Second, there are micro differences—6 amino acids—produced in many cell types within the acceptor
site of exon 5. Third, some cells show the inclusion of an additional Gln residue at the acceptor splicing
site of exon 3, producing a 29 amino acids insertion [32]. Note that a similar situation was reported for
PAX3, in which an extra Gln causes differences in DNA-binding affinity [59]. Precise editing techniques,
as we have started to use here in C2C12 cells, could sort out the functionality of the various isoforms.

4.2. NF-Y Does Not Target Directly Genes Involved in C2C12 Differentiation

Sequence-specific TFs target specific genomic sites, driven by the discriminatory power of their
DNA-binding Domains. However, they are also known to be binding indirectly, being tethered
by other TFs or complexes: analysis of genomic locations by ENCODE has shown that this latter
mechanism is far from marginal [67]. In addition to ENCODE, several independent ChIP-seq of
TFs—and cofactors—identified binding to CCAAT locations [68]. One such example regards the
orphan receptor Rev-Erb, important for muscle regeneration, targeting NF-Y sites in C2C12 cells [69].
The reverse, namely NF-Y being tethered to CCAAT-less locations by other TFs, has yet to be described.
The issue could theoretically be relevant, since the genes down-regulated after NF-Y removal, or by
switching from NF-YAl to NF-YAs, have generally no CCCAT in promoters. The effects appear to be
largely indirect, but we do not favor the promoter tethering hypothesis. Rather, we report binding
of Myogenin and MyoD to the promoters of Myomaker and Myomixer and show that Myogenin
overexpression leads to recovery of their expression in C2-YAl-KO cells. This extends to mouse cells
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genetic experiments made in zebrafish [53]. It also indicates that NF-Y does not regulate other TFs
essential for expression of these two genes. In summary, NF-Y/CCAAT interactions in promoters,
which are structurally identical for NF-YAl and NF-YAs, are likely not crucial for genes induced during
myotubes formation: rather, the focus is shifted to the control of MRFs, or other TFs.

We have analyzed expression of TFs involved in myoblast/C2C12 differentiation. The majority
are not dramatically altered in edited clones. Mef2C induction is impaired, but previous studies
indicated that NF-Y is bound to the Mef2D, not to Mef2C promoter [39]. We find that Mef2C, not Mef2D,
is regulated by NF-YB RNAi interference. Note that these TFs are also targeted by MyoD and Myogenin,
as they play a role in the final stages of differentiation [7,59]. This suggests indirect regulation by
NF-Y via MRFs. Id1/Id3 do have bona fide functional CCAAT in promoters [70], bound in cancer
cells as per ENCODE data (M. Ronzio, A.B., D.D., R.M., in preparation) and in NTera2 cells [71]:
Id1, but not Id3, is bound in vivo by NF-Y in C2C12, parental cells and edited clones. The levels are
decreased in C2-YAl-KO upon differentiation, but NF-Y-inactivation brings very marginal decrease in
Id1 expression. PAX3, which acts upstream of MyoD, shows variable, somewhat increased mRNA
levels in the edited clones, but this is not supported by analysis of protein levels. In summary, there is
no clear CCAAT-driven TF that could explain the phenotype: instead, we propose that the decrease
of Myogenin and MyoD expression entails a cascade of transcriptional events leading to failure of
differentiation (Figure 7).

Figure 7. NF-YA isoforms involvement in regulation of expression of muscle genes. Model for NF-YA
isoforms mediated regulation of expression of muscle genes in growth condition (left panel) and
differentiation condition (right panel).

4.3. NF-Y Regulates MRFs Expression Indirectly

Switching from NF-YAl to NF-YAs—and NF-YB inactivation—negatively affects MRFs expression.
Myf5 is moderately down in growing cells, remaining somewhat higher after differentiation.
NF-Y-inactivation leads to a severe drop in Myogenin expression and a decrease of MyoD,
which indicates an impact of NF-Y on their expression. The regulation appears to be transcriptional
for Myogenin, not for MyoD, whose mRNA levels are variable, but overall similar. The Myogenin
promoter is CCAAT-less and an indirect effect of NF-Y must be invoked. As for MyoD, the promoter
harbors a high affinity NF-Y site, extremely conserved in evolution [54] and at the expected position
(at -70 from TSS). Yet, NF-Y is not bound in vivo (Figure 6C). This is the only such example in nearly
200 promoters for which genetic analysis was reported [72]. The combination of an evolutionarily
conserved, canonical CCAAT in a standard promoter position might function through NF-Y somewhen
during the physiological activation of MyoD in development, while it has become expendable in the
C2C12 system. Thus, down-regulation of MyoD in NF-YAs-expressing cells is also an indirect effect.
It was proposed that MyoD serves as “pioneer” TF predisposing chromatin configurations for Myogenin
to act as powerful activator of terminal differentiation genes and repressor of cell-cycle genes [73].
The latter function might be robustly counteracted by NF-YAs, but we have no evidence of that
(Figure 2). It is now clear that the focus is set on transcriptional regulation of the MyoD and Myogenin
units and on which activator TF(s)—or cofactor(s)—is under NF-YAl—but not NF-YAs—direct control.
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For the time being, the “candidate” TFs approach used here failed to offer a plausible explanation on
how NF-YAl regulates MRFs expression, thereby muscle differentiation. We must resolve to more
systematic analysis, such as RNA-seq, to identify potential NF-Y-mediated regulators in C2C12. In light
of the low intrinsic levels of muscle-commitment by MRFs in C2-YAl-KO clones, such analysis could
also shed light on the actual identity of these cells.

Supplementary Materials: The following are available online at http://www.mdpi.com/2073-4409/9/3/789/s1,
Figure S1: CRISPR/Cas9n system and ablation of NF-YA exon 3 in C2C12 cells. (A) Schematic representation of
plasmids construction, following the Multiplex CRISPR/Cas9n Assembly System Kit protocol (Yamamoto lab) [40].
(B) Sequencing of the two C2-YAl-KO clones (#83, #117) compared to the control (ctr). Deleted sequence,
targeted sequence and exon 3 sequence are highlighted. Figure S2: Cell-cycle analysis of C2-YAl-KO clones.
Flow cytometry analysis of ctr C2C12 cells and the two C2-YAl-KO clones in GM condition. The analysis of three
independent experiments and the average of percentage of cells in each cell-cycle phase are shown. Figure S3:
Gene expression analysis of TFs in growing and differentiated C2C12 cells. Gene expression analysis by RT-qPCR
of key muscle differentiation regulators (left panel) and other TFs shown to be important for muscle differentiation
(right panel) in GM condition and 24 h after differentiation in C2C12 ctr cells. Error bars represent the SD of three
different experiments. P-values were calculated using the one-sample t-test. Figure S4: Myomaker and Myomixer
expression are regulated by MyoD and Myogenin. (A) UCSC view of Mymk and Mymk loci showing alignment
of ChIP-Seq data and DNA regulatory motifs conserved across Vertebrates by PhastCons. (B) Phase-contrast
analysis of C2C12 cells (ctr and #83) morphology transfected with pEmpty or pMyog, 96 h after differentiation.
Figure S5: Analysis of NF-Y involvement in muscle specific genes expression. (A) Gene expression analysis by
RT-qPCR of NF-YB and key muscle differentiation regulators in C2C12 cells 72 h after NF-YB silencing (siNF-YB)
and the scrambled siRNA control (II◦ experiment). Error bars represent the SD of two different q-PCR replicates.
p-values were calculated using the one-sample t-test. (B) Western blot analysis of NF-YB, NF-YA and key muscle
differentiation regulators (Myogenin, MyoD) protein levels 72 h after NF-YB silencing (siNF-YB) and the scrambled
control. Vinculin was used as loading control. (C) Analysis of II◦ and III◦ ChIP experiments performed on C2C12
ctr cells in GM condition using NF-YB antibody and the negative control (nc). The unrelated region (ur) and Stard4
were used as negative and positive control, respectively. Results are represented as the input percentage of sample
normalized to the nc. Table S1: Off-targets analysis. Analysis of possible off-target sites of each gRNA using the
online tool https://crispr.cos.uni-heidelberg.de. For each gRNA the off-target gene name, gene id, position (intronic,
intergenic, exonic), mismatches (MM) and the PAM sequence are reported. Table S2: Primers used. The specific
sequence of each primer (forward and reverse) used for RT-qPCR and ChIP analysis are reported.
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Abstract: Skeletal muscle, the largest part of the total body mass, influences energy and protein
metabolism as well as maintaining homeostasis. Herein, we demonstrate that during murine muscle
satellite cell and myoblast differentiation, transthyretin (TTR) can exocytose via exosomes and enter
cells as TTR- thyroxine (T4) complex, which consecutively induces the intracellular triiodothyronine
(T3) level, followed by T3 secretion out of the cell through the exosomes. The decrease in T3 with
the TTR level in 26-week-old mouse muscle, compared to that in 16-week-old muscle, suggests an
association of TTR with old muscle. Subsequent studies, including microarray analysis, demonstrated
that T3-regulated genes, such as FNDC5 (Fibronectin type III domain containing 5, irisin) and RXRγ
(Retinoid X receptor gamma), are influenced by TTR knockdown, implying that thyroid hormones
and TTR coordinate with each other with respect to muscle growth and development. These results
suggest that, in addition to utilizing T4, skeletal muscle also distributes generated T3 to other tissues
and has a vital role in sensing the intracellular T4 level. Furthermore, the results of TTR function with
T4 in differentiation will be highly useful in the strategic development of novel therapeutics related to
muscle homeostasis and regeneration.

Keywords: muscle satellite cell; transthyretin; thyroid hormone; myogenesis; exosomes;
skeletal muscle

1. Introduction

Skeletal muscle is comprised of multinucleated myofibers and has excellent regeneration
capability, which deteriorates progressively with age, restraining the voluntary functions of daily life.
The regenerative capacity is mostly facilitated by muscle satellite or stem cells (MSCs) that reside
between the basal lamina and sarcolemma, a distinct ‘niche’ in the muscle fibers [1,2]. MSCs vigorously
regulate myofiber growth, and MSC progression is typically regulated by the expression of myogenic
transcription factors (Pax3, Pax7, myoblast determination protein; MYOD, and myogenin; MYOG) [3].
After injury, quiescent Pax7+ MSCs are triggered to undergo sequential activation, proliferation
and differentiation involving MYOD, Myf5 and MYOG to generate multinucleated myotubes [4].
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MSC differentiation is indispensable in the regeneration of skeletal muscle and is typically regulated
by multiple signaling pathways and by the interaction of several extracellular matrix components with
MSCs. Fibromodulin was reported to have a robust role in muscle regeneration by enhancing the
recruitment of MSCs to injury sites [5].

Thyroid hormones (THs, thyroxin; T4 and triiodothyronine; T3) have vital roles in the development
of various tissues, as well as in postnatal life, by modulating gene expressions [6,7]. THs regulate
the expression of various proteins crucial for muscle development and contractility [8–10]. Indeed,
the foremost targets of THs are muscles, as they regulate the expression of several genes at the
transcriptional level [11,12]. The effects of TH signaling in the development and function of skeletal
muscle are the result of a remarkably complex mechanism [11]. Generally, to retain homeostasis,
regeneration capability, and development, binding of T3 to thyroid hormone receptors (TR) is
essential [13]. TRs are encoded by two genes (THRA and THRB), and alternate splicing of each gene
produces TRα1, TRβ1, and TRβ2 receptor subtypes. TRα is the predominant subtype in cardiac
and skeletal muscle [14]. TRα has a key role in regulation of heart rate and basal metabolism [15].
Transcription of MYOD is directly regulated by T3 [16]. Therefore, TH signaling can control several
events during myogenesis via direct and/or indirect regulation of myogenic gene expression.

Retinoids (synthetic vitamin A derivatives) can influence development and metabolism through
nuclear hormone receptors (retinoic acid receptor and retinoid X receptor, RXR). RXR forms heterodimers
with retinoic acid, TH, and vitamin D receptors, enhancing transcriptional function on their respective
response elements [17]. Three different RXR isoforms (RXRα, β and γ) have been characterized.
RXRγ is the dominant isoform in adult heart and skeletal muscle [18].

Exosomes are small (40–100 nm) membrane vesicles of endocytic origin that are released from most
cell types into the extracellular environment [19]. Exosomes were first defined in 1983, and interest in
these vesicles increased markedly after finding that they contain mRNA and microRNA [20]. Exosomes
have been shown to facilitate cellular communication by transporting proteins, cytokines, and nucleic
acids and to sustain the normal physiological function of cells [21].

Transthyretin (TTR) is a 55-kDa homotetrameric transporter protein for T4 and retinol-binding
protein in the blood [22,23]. The liver is the main contributing organ for TTR synthesis in plasma.
TTR null (TTR−/−) mice exhibit a delayed suckling-to-weaning transition, delayed growth, reduced
muscle mass, and stunted longitudinal bone growth [24]. Among the transporters existing in
blood, thyroxine-binding globulin (TBG) has the highest affinity for T4 and T3 (1.0 × 1010 and
4.6 × 108 M−1, respectively), followed by TTR (7.0 × 107 and 1.4 × 107 M−1) and albumin (7.0 × 105 and
1.0 × 105 M−1) [25]. The binding efficacy of TH distributor proteins determines the transportation times
for distribution of THs to tissues, thus, TTR (with transitional affinity), more than TBG, is responsible
for instant delivery of THs to tissues [6,25].

Though it is known that human placenta, trophoblasts, JEG-3 and HepG2 cells secrete and
internalize TTR [26–28], its cellular uptake in skeletal muscle has not been fully described. We have
demonstrated that TTR initiates myoblast differentiation by inducing the expression of myogenic
genes involved in the early phase of myogenesis and the associated calcium channels [6], and we
have elucidated its functional role in maintaining the cellular T4 level. Furthermore, we reported that
TTR enhances recruitment of MSCs to the site of injury, thereby regulating muscle regeneration [29].
However, the detailed mechanism of TTR with T4 in MSCs differentiation into muscle cells is unclear.
In the current work, we have confirmed TTR secretion and internalization in myoblast cell. We found
that TTR uptake and internalization by myoblast cells is increased by T4. By using microarray analysis
and other studies, we have elucidated that TTR and TH coordinate with each other to modulate gene
expression in muscle growth, development, and homeostasis.
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2. Materials and Methods

2.1. Animal Experiments

C57BL/6 male mice were obtained from Daehan Biolink (Dae-Jeon, South Korea) and housed at
four per cage in a temperature controlled room under a 12 h light/12 h dark cycle. In the period mice
(six weeks) were fed a normal diet containing 4.0% (w/w) total fat (Rodent NIH-31 Open Formula
Auto; Zeigler Bros., Inc., Gardners, PA, USA). Gastrocnemius muscle tissues were collected after
10 or 20 weeks. After collection, muscle tissues were fixed and stored at −80 ◦C until required for
RNA and protein extraction or fixed overnight at 4 ◦C for paraffin-embedded tissue blocks to be used
in immunohistochemistry. All experimental were done by following the guidelines issued by the
Institutional Animal Care and Use Committees of the Catholic University of Daegu (IACUC-2017-051).

2.2. C2C12 Cell Culture

C2C12 cells (murine myoblast, Korean Cell Line Bank, Seoul, Korea) were cultured in DMEM
(HyClone Laboratories, Logan, UT, USA) supplemented with 10% FBS (fetal bovine serum, HyClone
Laboratories) and 1% P/S (penicillin/streptomycin, Thermo Fisher Scientific, Waltham, MA, USA)
in a humidified 5% CO2 incubator at 37 ◦C. For differentiation, cells were cultured for two or three
days in DMEM + 2% FBS + 1% P/S (serum (+) differentiation media) or DMEM + 1% P/S (serum (−)
differentiation media). T4 (50 ng/mL, Sigma Aldrich, St. Louis, MO, USA), I-850 (5 ug/mL, Sigma
Aldrich), TTR (0.1 ug/mL, Sigma Aldrich) or bovine serum albumin (BSA,1 mg/mL, Sigma Aldrich)
was added to the indicated differentiation medium after two or three days.

2.3. Mouse MSCs Culture

Gastrocnemius and cranial thigh muscles were collected from C57BL male mice (six weeks) and
minced, digested with 1% pronase (Roche, Mannheim, Germany) for 1 h at 37 ◦C, and then centrifuged
at 1000× g for 3 min followed by passage of the digested tissue phase through a 100 mm syringe filter
(Millipore, Darmstadt, Germany). After centrifugation of the filtrate at 1000× g for 5 min, the pellets
were suspended in DMEM + 20% FBS + 1% P/S + 5 ng/mL FGF2 (fibroblast growth factor 2, Miltenyi
Biotec GmbH, Auburn, CA, USA), seeded on collagen-coated plates (Corning, Brooklyn, NY, USA),
and incubated in a humidified 5% CO2 atmosphere at 37 ◦C. The medium was changed every day.
For induction of MSC differentiation into muscle cells, media were switched to DMEM + 2% FBS + 1%
P/S or DMEM + 1% P/S followed by incubation for two days. MSC purity was confirmed with Pax7
protein expression (Santa Cruz Biotechnology, Paso Robles, CA, USA) using immunocytochemistry.

2.4. MTT Assay

C2C12 cells were cultured with DMEM + 10% FBS + 1% P/S for two days for analysis of cell
viability. The cells were washed with DMEM and then incubated with 0.5 mg/mL MTT reagent (Sigma
Aldrich) for 1 h. After dissolving the formazan crystals with DMSO (Sigma Aldrich), absorbance was
measured at 540 nm (Tecan Group Ltd., Männedorf, Switzerland).

2.5. Immunoneutralization

TTR protein neutralization was carried out with TTR-specific antibodies (5 μg/mL, Santa
Cruz Biotechnology) for two or three days in DMEM + 2% FBS + 1% P/S or DMEM + 1% P/S
differentiation media.
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2.6. Exosomes Isolation

Cells were cultured with DMEM + 1% P/S differentiation media. The cells were incubated for two
or three days and the media were then collected, centrifuged at 2000× g for 30 min, and the upper phase
collected for exosomes isolation. Using a total exosomes isolation reagent (Thermo Fisher Scientific,
MA, USA), the exosomes from the upper phase were isolated according to the manufacturer’s protocol.
In brief, the media were incubated with the total exosomes isolation reagent at 4 ◦C overnight and
centrifuged at 10,000× g for 60 min. After discarding the supernatant, the pellet was dried at room
temperature and suspended in PBS.

Mouse plasma (4 mL) was filtered with a 0.8 um syringe filter (Sartorius, Goettingen, Germany),
and the exosomes were then isolated according to the manufacturer’s protocol (exoEasy Maxi Kit,
Qiagen, Germantown, MD, USA).

2.7. T4 and T3 Concentration Measurement

An ELISA kit (DRG International, Marburg, Germany) was used to measure the concentration of
T4 or T3 hormones. In brief, cell lysates or cultured media with T4 or T3 enzyme conjugate reagent
were homogenized and added to specific antibody-coated microtiter plates and then incubated for
60 min at room temperature. After discarding the mixtures, the unbound materials were removed by
washing the plates. Substrate solution was added followed by incubation for 20 min. Stop solution
was then applied to terminate the reaction. Color intensities were then measured at 450 nm by using a
spectrophotometer (Tecan Group Ltd., Switzerland).

2.8. Gene Knockdown

When C2C12 cells confluency reached 30%, 1 ng TTR, TR-α, RXRγ, or fibronectin type III domain
containing 5 (FNDC5) shRNA vector (Santa Cruz Biotechnology) and scrambled vector (empty vector
as negative control, Santa Cruz Biotechnology) were transfected using plasmid transfection reagent and
transfection medium according to the manufacturer’s protocol (Santa Cruz Biotechnology). After three
days, transfected cells were selected with puromycin (2 ug/mL, shRNA or scrambled vector is a
puromycin selection vector, Santa Cruz Biotechnology). Selected cells were grown to 70% confluence
before switching to differentiation media. Knockdown efficiencies were determined by analyzing
the expressions of control (scrambled vector transfected cell) and knockdown cells. Supplementary
Table S1 shows the sequences of the shRNA constructs.

2.9. RNA Isolation, cDNA Synthesis and RealTime RT-PCR

Trizol reagent (Thermo Fisher Scientific) was used following the manufacturer’s instructions to
extract total RNA from cells. Two micrograms of RNA in 20 μL of reaction mixture was employed
for the synthesis of 1st strand cDNA with random hexamer and reverse transcriptase at 25 ◦C for
10 min, 37 ◦C for 120 min, and 85 ◦C for 5 min. The cDNA product (2 μL) and gene-specific primers
(10 pmole, 2 μL) were used for analysis of real-time RT-PCR (40 cycles), which was performed using a
7500 real-time PCR system with power SYBR Green PCR Master Mix (Thermo Fisher Scientific) as the
fluorescence source. Glyceraldehyde 3-phosphate dehydrogenase (GAPDH) was used as the reference
gene. Primer information is presented in Supplementary Table S2.
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2.10. RT-PCR

Exosomes RNA was synthesized into cDNA and 2 μL cDNA and gene-specific primers (10 pmole,
2 μL) were used for PCR, which was performed using a 2720 Thermal Cycler PCR machine with PCR
Master mix (Genetbio, Daejeon, Korea). The PCR conditions were as follow; denaturation 95 ◦C for
30 s, annealing at 59 ◦C for 30 s, extension at 72 ◦C, post-extension 72 ◦C for 5 min followed by holding
(40 cycles). The PCR product was examined by performing electrophoresis on agarose gel.

2.11. Protein Isolation from Culture Media

The cells were cultured with DMEM + 1% P/S differentiation media for two days, centrifuged
at 5000× g for 5 min, and the supernatant was then incubated with 1.3% potassium acetate (Sigma
Aldrich) for 1 h at 4 ◦C. The mixture was centrifuged at 1500× g for 10 min, the supernatant was
discarded, and the pellet washed with 100% acetone (Merck, Darmstadt, Germany). The isolated
proteins were then dried, and Western blot analysis was performed by adding buffer with protease
inhibitor cocktail (Thermo Fisher Scientific).

2.12. Western Blot

After washing the cells with PBS, they were lysed with RIPA buffer supplemented with protease
inhibitor cocktail (Thermo Fisher Scientific). The Bradford assay was used to estimate the total protein
concentration. Proteins (60 μg) were electrophoresed in 10% or 12% SDS-polyacrylamide gel and then
transferred to PVDF membrane (EMS–Millipore, Billerica, MA, USA). The blots were then blocked
with 3% skim milk or BSA in Tris-buffered saline (TBS)-Tween 20 for 1 h, incubated overnight with
protein-specific primary antibodies [TTR (1:400), MYOD (1:500), MYOG (1:500), D2 (iodothyronine
deiodinase type 2; 1:500), RXRγ (1:500) (Santa Cruz Biotechnology) or β-actin (1:2000) antibody (Santa
Cruz Biotechnology), TR-α (1:500, Thermo Fisher Scientific), MYL2 (myosin light chain 2, 1:1000,
Abcam, Cambridge, MA, USA) or FNDC5 (1:500, Bioss Antibodies, Woburn, MA, USA)] in 1% skim
milk or BSA in TBS at 4 ◦C. The blots were then washed and incubated with horse radish peroxidase
(HRP)-conjugated secondary antibody (Santa Cruz Biotechnology) for 1 h at room temperature and
then developed with Super Signal West Pico Chemiluminescent Substrate (Thermo Fisher Scientific).
Supplementary Table S3 shows the molecular weight of protein.

2.13. Fusion Index

After washing with PBS, cells were fixed with methanol and then stained with 0.04% Giemsa
G250 (Sigma Aldrich). Images were taken randomly of three different sections per dish. The number
of nuclei in myotubes and the total number of nuclei in the cells were counted in each field. Fusion
indices were calculated by expressing the number of nuclei in the myotubes as percentages of the total
numbers of nuclei.

2.14. TTR Protein Labeling with Fluorescence

TTR protein and BSA were labeled with the Alexa Fluor 594 protein labeling kit (Thermo Fisher
Scientific) following the manufacturer’s instructions. Briefly, 100 μL TTR proteins and BSA (0.1 μg/μL)
were incubated with 4.7 μL Alexa Fluor 594 succinimidyl ester (12.2 nmole/μL) for 15 min at room
temperature, and the conjugated reaction mixture was then purified with resin gel-spin filter. Labeled
TTR proteins (0.2 μg) and BSA were added to the cells and detected by fluorescence microscope (Nikon,
Tokyo, Japan).
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2.15. TTR Overexpression Vector

The region corresponding to the TTR gene open reading frame (ORF) was PCR
amplified with TTR ORF primer (Forward: 5′-ATGGCTTCCCTTCGACTCTTCC-3′, Reverse:
5′-GATTCTGGGGGTTGCTGACGA-3′) and ligated into the pcDNA 3.1/CT-GFP-TOPO vector
(Invitrogen, Waltham, MA, USA). The ligated sequence was confirmed by sequencing analysis.
The construct (2.5 μg) was transfected using 10 μL lipofectamine (1 mg/mL) and Opti MEM medium
(Invitrogen) into C2C12 cells following the manufacturer’s directions and positive cells were selected
using G418 antibiotics (2 μg/mL, AppliChem GmbH, Darmstadt, Germany).

2.16. Immunocytochemistry

The cells were fixed with 4% formaldehyde (Sigma Aldrich) and permeabilized with 0.2% Triton
X 100 (Sigma Aldrich). After blocking with 1% normal goat serum (SeraCare Life Sciences, Milford,
MA, USA) for 30 min in a humid environment, cells were incubated with primary antibodies [TTR
(1:50), MYOD (1:50), MYOG (1:50), MYL2 (1:50), D2 (1:50), RXRγ (1:50), TRα (1:50), or FNDC5 (1:50)] at
4 ◦C in a humid environment overnight. Secondary antibody (1: 100; Alexa Fluor 594 goat anti-rabbit
or anti-mouse; Thermo Fisher Scientific) was applied for 1 h at room temperature. DAPI was used to
stain the cells (Sigma-Aldrich) and imaged using a fluorescence microscope equipped with a digital
camera (Nikon, Tokyo, Japan).

2.17. Immunohistochemistry

The sections of paraffin-embedded muscle tissue were deparaffinized and hydrated with xylene
(Junsei, Tokyo, Japan) and ethanol (Merck), respectively, and endogenous peroxidase activity was
quenched in 0.3% H2O2/methanol. The sections were then either stained with hematoxylin and eosin
(Thermo Fisher Scientific) for morphological observation or blocked with 1% normal goat serum
(SeraCare Life Sciences), incubated with primary antibodies [TTR (1:50), D2 (1:50), or FNDC5 (1:50)]
overnight at 4 ◦C, and then incubated with horse radish peroxidase–conjugated secondary antibody
(1:100). Positive signals were visualized by adding horse radish peroxidase-conjugated streptavidin
(Vector, CA, USA). Nuclei of stained sections were stained with hematoxylin and then dehydrated,
mounted, and observed by a light microscope (Leica, Wetzlar, Germany).

2.18. Microarray Analysis

Microarray analysis was conducted with the Agilent Technologies mouse GE4X 44K (V2) chip to
determine the differentially expressed genes in wild-type (TTRwt) and TTRkd (TTR knockdown) cells
as described previously [30]. Briefly, TTRwt and TTRkd cells were grown in serum (+) differentiation
media for two days and RNAs were extracted, synthesized into cDNA with fluorescence using
a Low RNA Input Linear Amplification kit (Agilent Technologies, CA, USA) according to the
manufacturer’s instructions. A total of three hybridizations were performed, and the statistical
relevance of gene expression differences was confirmed by SAM (Standard University, Palo Alto, CA,
USA). The significance cut-offwas a median false discovery rate ≤5% for the SAM analysis.

2.19. DAVID Analysis

DAVID was performed as described previously [5]. In brief, enriched biological themes in up- and
down-regulated gene lists (p ≤ 0.05 and 2 fold≤) were categorized by employing the Gene Ontology
(GO) terms of cellular component, molecular function, and biological process in DAVID.
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2.20. Statistical Analysis

Mean values of normalized expressions were evaluated by Tukey’s Studentized range test to
categorize expressional differences of genes, considering p ≤ 0.05 statistically significant. The real-time
RT-PCR data was normalized using glyceraldehyde 3-phosphate dehydrogenase (GAPDH) as the
internal standard and was analyzed by one-way ANOVA using PROC GLM in SAS 9.0 (SAS Institute,
Cary, NC, USA).

3. Results

3.1. TTR Secretion During Myoblast Differentiation

To investigate TTR secretion from cells during C2C12 myoblast differentiation, normal and TTR
knockdown cells were cultured in serum-free media for two days, after which the isolated protein
level from cultured media was analyzed by Western blotting. The appearance of more TTR protein
in cultured media compared to that in cell lysate indicates that TTR is secreted during myoblast
differentiation (Figure 1A). Furthermore, TTR mRNA and protein were decreased in TTRkd cells and
cultured media, respectively, compared to those in TTRwt cells (Figure 1A). Next, the TTR mRNA
level was analyzed in normal cells and exosomes from mouse plasma and media of cultured cells
(CM): T4-treated cells, TTRwt, and TTRkd. TTR mRNA was evident in exosomes isolated from culture
media and mouse plasma and was increased by T4 treatment but decreased by TTRkd (Figure 1B).
TTR immunoneutralization using TTR antibody was performed during differentiation. Myotube
formation and the expression of the myogenic genes were decreased by TTR neutralization. However,
TTR expression was significantly enhanced in neutralized cells (Figure 1C,D). Interestingly, when the
T4 concentration was measured in cells, it was higher in non-neutralized cells than in neutralized cells
supplemented with T4 (Figure 1E). Taken together, these results show that TTR secreted from cells
transported T4 into the cells during myoblast differentiation.

3.2. Enhancement of Myoblast Viability and Differentiation by TTR with T4

To assess the role of TTR and T4 on myoblast viability and differentiation, C2C12 cells were grown
with T4 or T4 + TTR protein for two or three days. Cell viability was increased in T4 + TTR protein
treated cells compared to that in only T4 treated cells (Figure 2A). The T4 and T3 concentrations were
measured in CM and cells. A lower T4 concentration in media with a consequent higher concentration
in cells was observed with T4 + TTR treatment than in those with only T4 treatment. The results
indicate that TTR outside the cell enhances the transport of T4 to the cell interior in myoblast viability
(Figure 2A). Further, cells were cultured in serum-free media with added T4 or T4 + TTR protein for
three days to induce differentiation. The T4 + TTR treatment significantly induced myotube formation
with elevated mRNA (MYL2) and protein expression of myogenic factors (MYOD and MYL2), RXRγ,
and TRα. However, TTR mRNA and protein expression were decreased by TTR + T4 treatment and
their expression in exosomes was also reduced from that of only T4-treated cells (Figure 2B). T4 and T3

concentrations were increased by TTR + T4 treatment (Figure 2C). TTR in mouse MSCs was assessed
to determine its expression during differentiation. For this, MSCs were incubated with differentiation
media for zero or two days. Expression of TTR and myogenic genes or proteins were increased on
day 2 compared to that on day 0 (Figure 2D). Next, MSCs were cultured in serum-free conditions
supplemented with T4 or T4 + TTR protein for two days to induce differentiation. Similar to the
results with C2C12 cells, MSCs exhibited increased myotube formation with elevated thyroid hormone
concentration under T4 + TTR treatment (Figure 2E). Interestingly, decreased TTR mRNA was observed
in the exosomes following T4 + TTR treatment (Figure 2E). Furthermore, T3 was present in exosomes
isolated from serum-free MSCs culture media supplemented with T4 (Figure 2F). These data showed
that TTR protein with T4 not only enhanced myoblast proliferation and myogenic differentiation,
but also increased MSC differentiation into muscle cells.
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Figure 1. The role of secreted TTR from cells during myogenic differentiation. Normal and TTR
knockdown cells were cultured with serum-free media for two days (A,B). (A) Proteins were isolated
from cells, DMEM (control) and cultured media (CM). TTR protein level was analyzed by Western
blot. TTR mRNA level in cells by real-time RT-PCR, and protein level in cell culture media of TTRwt

and TTRkd by Western blot. Band intensity was measured by using ImageJ. (B) TTR mRNA levels
in normal cell, exosomes isolated from mouse plasma, media of cultured C2C12 cells (CM) with or
without T4 treatment, and TTRwt and TTRkd by RT-PCR. Cells were cultured in 2% FBS or serum-free
media supplemented with TTR antibody for two (C) or three days (D,E) for immunoneutralization.
(C) Myotube formation and fusion index was observed by Giemsa staining. (D) Gene expression
was observed by real-time RT-PCR. (E) T4 and T3 concentration in cells was observed by ELISA.
TTRwt indicates cells transfected with scrambled vector. Means ± SD (n = 3). * p ≤ 0.05, ** p ≤ 0.001,
*** p ≤ 0.0001.

3.3. Reduction of T4 Concentration Inside Cells and Myoblast Differentiation by Bovine Albumin Serum
(BSA) Treatment

For comparative assessment of T4 transport through TTR to the cell interior, C2C12 cells were
cultured in serum-free media supplemented with T4 or T4 + BSA protein for two days. Myotube
formation and MYOG expression were decreased in BSA-treated cells, while TTR and D2 expressions
were increased at the translational level (Figure 3A). Interestingly, elevated TTR in both exosomes
(mRNA) and CM (protein) was also observed in BSA-treated cells (Figure 3B). High T4 and T3

concentrations in T4 + BSA supplemented media with subsequent low levels in both hormone
concentrations in the cell, under the same conditions, indicated that BSA reduced the transport of T4 to
the cell interior (Figure 3C). Furthermore, elevated T4 concentration was observed in T4 + BSA + TTR
supplemented cells relative to that in T4 + BSA treated cells (Figure 3D). Interestingly, decreased TTR
mRNA was found in exosomes of T4 + BSA + TTR treated cells (Figure 3E). Additionally, T3 was
present in exosomes, and there was no difference in T3 concentration in exosomes supplemented with
T4, T4 + BSA, or T4 + TTR (Figure 3F). We observed that BSA reduces myotube formation by decreasing
T4 transport.
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Figure 2. Myoblast viability and differentiation by treatment with TTR proteins. (A) C2C12 cells were
cultured in 10% FBS media supplemented with T4 or T4 + TTR protein for two days. Cell viability was
observed by MTT assay. T4 or T3 concentration in cultured media and cells were observed by ELISA.
Cells were cultured in serum-free media supplemented with T4 or T4 + TTR protein for three days (B,C).
(B) Myotube formation and fusion index by Giemsa staining, mRNA level in cells by real-time RT-PCR,
exosomes by RT-PCR, protein expression by Western blot and immunocytochemistry. (C) T4 or T3

concentration in cells was observed by ELISA. (D) When mouse MSCs reached 100% confluency, media
were switched to 2% FBS and cultured for zero and two days. MSC differentiation, TTR mRNA level by
real-time RT-PCR and protein expression by Western blot. (E) MSCs were cultured in serum-free media
supplemented with T4 or T4 + TTR protein for two days. T4 or T3 concentration in cells was observed
by ELISA. (F) MSCs were cultured with serum-free media supplemented with T4 for two days and
exosomes were isolated from cultured media. T3 concentration in cell and exosomes was observed by
ELISA. Means ± SD (n = 3). * p ≤ 0.05, ** p ≤ 0.001, *** p ≤ 0.0001.
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3.4. TTR Internalization Into Myoblast

To elucidate TTR internalization to the cell interior, TTR protein or BSA was fluorescently labeled
and C2C12 cells were cultured under serum-free conditions supplemented with labeled TTR protein
or BSA for one day. Higher fluorescence of labeled TTR protein was evident in the cells treated with
labeled TTR than with BSA or in non-treated cells (Figure 4A). TTR overexpression was achieved by
transfection with the TTR ORF plasmid and cultured with 10% FBS for two days. Increased cell viability
was observed in TTR-overexpressing cells (Figure 4B). Next, TTR-overexpressing cells were cultured
with serum-free media for two days. Increased myotube formation with enhanced TTR mRNA/protein
expression was observed in TTR-overexpressing cells (Figure 4C). Additionally, elevated concentrations
of THs were observed in TTR-overexpressing cells supplemented with T4 (Figure 4C).

Figure 3. Myoblast differentiation following BSA treatment. Cells were cultured in serum-free media
supplemented with T4 or T4 + BSA for two days (A–E). (A) Myotube formation and fusion index were
observed by Giemsa staining. mRNA level was observed by real-time RT-PCR and protein expressions
by Western blot and immunocytochemistry. (B) TTR mRNA in exosomes of cultured media using
RT-PCR and protein level in cultured media by Western blot. (C) T4 or T3 concentration in cultured
media or cells was observed by ELISA. (D,E) Cells were cultured with serum-free media supplemented
with T4, T4 + BSA, T4 + TTR or T4 + BSA + TTR for two days. T4 or T3 concentration in T4 + BSA or
T4 + BSA + TTR treated cells. TTR mRNA in exosomes of cultured media (in T4 + BSA or T4 + BSA
+ TTR treated cells) using RT-PCR. (F) Cells were cultured in serum-free media supplemented with
T4 or T4 + BSA or T4 + TTR for two days and exosomes were isolated from each cultured medium.
T3 concentration in exosomes. Means ± SD (n = 3). * p ≤ 0.05, ** p ≤ 0.001, *** p ≤ 0.0001.
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Figure 4. Endocytosis of TTR protein and TTR overexpression effects. (A) TTR protein or BSA were
labeled with fluorescence and cells were cultured with serum-free media supplemented with labeled
TTR protein or BSA for 1 day. Detection of labeled TTR protein and BSA in cells (Red: TTR, Blue:
Nucleus). (B) TTR overexpression was performed by transfecting with TTR ORF plasmid followed
by incubation with 10% FBS for two days. Cell viability was analyzed by MTT assay. (C) TTR
overexpressing cells were incubated with serum-free media for two days. Myotube formation and
fusion index were observed by Giemsa staining, TTR mRNA level by real-time RT-PCR, and protein
expression by Western blot and immunocytochemistry. Control or TTR-overexpressing cells were
incubated with serum-free media supplemented with T4 for two days. T4 or T3 concentration was
measured by ELISA. Means ± SD (n = 3). * p ≤ 0.05, ** p ≤ 0.001, *** p ≤ 0.0001.

3.5. Regulation of RXRγ and TRα Expression by TTR During Myoblast Differentiation

To determine the role of T4 or TTR on RXRγ and TRα expression, C2C12 cells were grown with
or without serum in normal or TTR knockdown cells, and the effects were studied during myoblast
differentiation. Increases in mRNA and protein expression of RXRγ and TRα were evident on day 2
compared to the levels on day 0 (Figure 5A). Next, T4 treatment under serum-free conditions stimulated
RXRγ expression at both the transcriptional and translational level. However, TRα protein expression
was decreased by T4 treatment (Figure 5B). Interestingly, TTR knockdown reduced expression of RXRγ
and TRα (Figure 5C). Further, RXRγ and TRα knockdown were performed and followed by culturing
with 2% FBS for two days. Myotube formation, myogenic genes and D2 expression were decreased
by RXRγ or TRα knockdown, whereas TTR and TRα expressions were increased in RXRγkd cells.
Most gene or protein expressions were decreased in TRα knockdown cells (Figure 5D,E). Overall, the
above results indicate that expression of RXRγ is controlled by TTR via T4 transportation into the cell
during myoblast differentiation.
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Figure 5. RXRγ and TRα expression during myoblast differentiation. (A) Cells were cultured with
2% FBS for two days. RXRγ and TRα expressions using real-time RT-PCR or Western blot. (B) Cells
were cultured in serum-free media supplemented with T4 for two days. RXRγ and TRα expression
by real-time RT-PCR or Western blot. (C) RXRγ and TRα expression in TTRkd and TTRwt cells using
real-time RT-PCR or Western blot. (D) RXRγ knockdown was performed and followed by culture with
2% FBS for two days. Myotube formation and fusion index were observed by Giemsa staining, mRNA
expression by real-time RT-PCR, and protein expression by Western blot in RXRγkd and RXRγwt cells.
(E) TRα knockdown was performed and followed by culture with 2% FBS for two days. Myotube
formation and fusion index were observed by Giemsa staining, mRNA expression by real-time RT-PCR,
and protein expression by Western blot in TRαkd and TRαwt cells. TTRwt, RXRγwt, or TRαwt indicate
cells transfected with the scrambled vector. Means ± SD (n = 3). * p ≤ 0.05, ** p ≤ 0.001, *** p ≤ 0.0001.

3.6. Relationship between TTR and D2 According to Muscle Age

To determine the effect of muscle age on TTR and D2 expression, mouse muscle at 16- and
26-weeks were collected. Myofiber size (width) and expression of TTR and D2 were decreased in
26-week muscle compared with 16-week muscle (Figure 6A). Interestingly, a decreased TTR level was
observed in exosomes isolated from 26-week plasma (Figure 6A). The T3 concentration in 16-week
muscle was higher than that in 26-week muscle (Figure 6B). Further, a significant increase in the T4

concentration in the plasma of 26-week mice the was observed, whereas there was no difference in
the T3 concentration in the plasma of either age group (Figure 6B). The above findings suggest that
expressions of TTR and D2 correlate with the age-dependent differences of muscle.
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Figure 6. TTR expression and T3 concentration in age-dependent differences of muscle.. Expression
of TTR and D2 proteins were analyzed in 16- and 26-week mouse muscles. (A) TTR and D2 proteins
expression by Immunohistochemistry and Western blot. Exosomes were isolated from 16- and 26-week
plasma. TTR mRNA level in cell and exosomes of 16- or 26-week plasma by RT-PCR. (B) T3 or T4

concentration in 16- or 26-week muscles or plasma was observed by ELISA. Means ± SD (n = 3).
* p ≤ 0.05, ** p ≤ 0.001, *** p ≤ 0.0001.

3.7. Microarray Assessment of Gene Expression in TTRkd Cells and Effect of T4 on Gene Expression

To explore TTR function in myoblast differentiation, TTRkd and TTRwt C2C12 cells were cultured
with 2% FBS for two days. TTR/MYOG expression and myotube formation were decreased by TTRkd

(Supplementary Figure S1A,B). Microarray analysis was performed with TTRwt and TTRkd cells.
After applying two-fold cut-offs for down- and up-regulated genes, analysis of the effects of knocking
down TTR on myoblasts revealed that, among the genes involved in sarcomere formation, specific
genes are actively up- or down-regulated, and some novel genes that are not involved in sarcomere
formation functioned at the onset of myogenesis. Among the identified genes, 29 and 7 genes were
down- or up-regulated, respectively, by greater than two-fold in TTRkd cells (Table 1A,B; Supplementary
Figure S1C,D). Many genes were previously reported to be involved in MSC maintenance (Heyl,
Sox8), myogenesis (Fgf21, Ankrd2, Sox8, Asb2), proliferation (Ankrd2), myokine secretion (Fndc5),
neuromuscular junction (Dok7), and Ca2+ release of sarcoplasmic reticulum (Asph). Even though some
of these genes have identified roles in myogenesis, many novel genes were also affected by TTRkd

(R3hdml, Inpp4b, Igf2as, Btbd17, Sema6b and Ddc) (Table 1A; Supplementary Table S4A). However,
the upregulated genes were mostly involved in the cell cycle, cell proliferation, and transcription
regulation. Interestingly, there was little information indicating that those genes were related to muscle
differentiation. Moreover, most of the up-regulated genes were novel genes, but their main functions
have been studied in other tissues or organs (Table 1B; Supplementary Table S4B).
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Table 1. Microarray analysis of TTR knockdown.

A.

Gene Set1 Set2 Set3 Set4 Average p Value Description

Myh1 0.16 0.31 0.13 0.06 0.16 0.0001 Mus musculus myosin, heavy polypeptide 1, skeletal
muscle, adult (Myh1)

Heyl 0.25 0.19 0.15 0.1 0.17 0.0001 Mus musculus hairy/enhancer-of-split related with YRPW
motif-like (Heyl)

Myo18b 0.17 0.4 0.13 0.05 0.19 0.0001 Mus musculus myosin XVIIIb (Myo18b)

Myh8 0.2 0.39 0.12 0.08 0.2 0.0001 Mus musculus myosin, heavy polypeptide 8, skeletal
muscle, perinatal (Myh8)

Nmrk2 0.16 0.37 0.06 0.22 0.2 0.0001 Mus musculus nicotinamide riboside kinase 2 (Nmrk2)
Fgf21 0.14 0.35 0.06 0.32 0.22 0.0001 Mus musculus fibroblast growth factor 21 (Fgf21)

Ankrd2 0.17 0.36 0.06 0.28 0.22 0.0001 Mus musculusankyrin repeat domain 2 (stretch responsive
muscle) (Ankrd2)

Myom3 0.18 0.49 0.11 0.11 0.22 0.0001 Mus musculusmyomesin family, member 3 (Myom3)

Myh3 0.18 0.39 0.14 0.21 0.23 0.0001 Mus musculus myosin, heavy polypeptide 3, skeletal
muscle, embryonic (Myh3)

Myh7 0.3 0.33 0.12 0.2 0.24 0.0001 Mus musculus myosin, heavy polypeptide 7, cardiac muscle,
beta (Myh7)

Myh3 0.21 0.4 0.15 0.21 0.24 0.0001 Mus musculus myosin, heavy polypeptide 3, skeletal
muscle, embryonic (Myh3)

Fndc5 0.44 0.26 0.18 0.1 0.25 0.0001 Mus musculus fibronectin type III domain containing
5 (Fndc5)

R3hdml 0.35 0.4 0.09 0.15 0.25 0.0001 Mus musculus R3H domain containing-like (R3hdml)

Myh7b 0.31 0.39 0.07 0.22 0.25 0.0001 Mus musculus myosin, heavy chain 7B, cardiac muscle,
beta (Myh7b)

Rbm24 0.2 0.41 0.15 0.23 0.25 0.0001 Mus musculus RNA binding motif protein 24 (Rbm24)
Sox8 0.45 0.21 0.13 0.22 0.25 0.0001 Mus musculus SRY (sex determining region Y)-box 8 (Sox8)
Dok7 0.21 0.5 0.08 0.29 0.27 0.0002 Mus musculus docking protein 7 (Dok7)

Tnnt1 0.31 0.37 0.12 0.29 0.27 0.0001 Mus musculus troponin T1, skeletal, slow (Tnnt1),
transcript variant 1

Ttn 0.17 0.48 0.24 0.2 0.27 0.0001 Mus musculus titin (Ttn), transcript variant N2-B

Asph 0.28 0.46 0.18 0.16 0.27 0.0001 Mus musculus aspartate-beta-hydroxylase (Asph), transcript
variant 8

Inpp4b 0.2 0.41 0.33 0.16 0.27 0.0001 Mus musculus inositol polyphosphate-4-phosphatase, type
II (Inpp4b)

Igf2os 0.37 0.45 0.15 0.16 0.28 0.0001 Mus musculus insulin-like growth factor 2, opposite strand
(Igf2os), antisense RNA

Myh6 0.42 0.23 0.18 0.32 0.28 0.0001 Mus musculus myosin, heavy polypeptide 6, cardiac muscle,
alpha (Myh6)

Asb2 0.48 0.39 0.23 0.17 0.32 0.0001 Mus musculusankyrin repeat and SOCS box-containing
2 (Asb2)

Mybpc1 0.45 0.44 0.25 0.13 0.32 0.0001 Mus musculus myosin binding protein C,
slow-type (Mybpc1)

Btbd17 0.47 0.45 0.1 0.29 0.33 0.0002 Mus musculus BTB (POZ) domain containing 17 (Btbd17)

Sema6b 0.46 0.39 0.09 0.38 0.33 0.0002 Mus musculussema domain, transmembrane domain (TM),
and cytoplasmic domain

Actc1 0.38 0.39 0.33 0.25 0.34 0.0001 Mus musculus actin, alpha, cardiac muscle 1 (Actc1)
Ddc 0.48 0.48 0.22 0.39 0.39 0.0001 Mus musculusdopa decarboxylase (Ddc), transcript variant 1

B.

Gene Set1 Set2 Set3 Set4 Average pValue Description

Gm10536 4.95 7.99 11.97 13.93 9.71 0.0049 Mus musculus predicted gene 10536 (Gm10536), long
non-coding RNA

Iws1 3.92 4.7 2.15 10.28 5.26 0.5130 Mus musculus IWS1 homolog (S. cerevisiae) (Iws1)
Dkk2 4.02 3.54 4.95 2.98 3.87 0.0005 Mus musculusdickkopf homolog 2 (Xenopuslaevis) (Dkk2)

Cdc45 3.44 2.22 4.92 3.16 3.43 0.0048 Mus musculus cell division cycle 45 (Cdc45), transcript
variant 1

Suv420h1 3.25 2.86 2.71 3.45 3.07 0.0001 Mus musculus suppressor of variegation 4–20 homolog 1
(Drosophila) (Suv420h1)

Cdc42bpa 2.28 2.11 3.11 4.32 2.95 0.0082 Mus musculus CDC42 binding protein kinase alpha
(Cdc42bpa)

Zfp318 2.02 2.89 2.23 4.18 2.83 0.0094 Mus musculus zinc finger protein 318 (Zfp318), transcript
variant 2
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Table 1. Cont.

C.

Term Count % p Value

Transcription regulation 3 42.9 7.5 × 10−2

Nucleus 4 57.1 9.8 × 10−2

D.

Term Count % p Value

Muscle protein 8 28.6 1.40 × 10−13

Thick filament 6 21.4 1.00 × 10−12

Myosin 7 25 1.40 × 10−11

Motor protein 7 25 5.90 × 10−9

Actin-binding 6 21.4 8.50 × 10−6

ATP-binding 10 35.7 1.20 × 10−5

Calmodulin-binding 5 17.9 1.80 × 10−5

Methylation 6 21.4 6.60 × 10−5

Nucleotide-binding 10 35.7 8.90 × 10−5

Coiled coil 11 39.3 1.40 × 10−3

Cytoplasm 10 35.7 4.80 × 10−2

Isopeptide bond 4 14.3 9.40 × 10−2

TTRwt or TTRkd were cultured with 2% FBS for two days and microarray analysis was performed on TTRwt or
TTRkd. (A and B) List of down- or up-regulated genes in TTRkd (2-fold≤). (C and D) Functional analysis by DAVID
(2-fold≤). TTRwt indicates cells transfected with scrambled vector. Means ± SD (n = 3).

Down-regulated genes were analyzed at different myogenic times (0, 2, 4 and 6 days). Interestingly,
most gene expressions were increased under myogenic conditions than that at the proliferating stage
(Day 0). Similar to MYOG (the myogenic marker gene) the expression of 15 genes increased greatly
during myogenic differentiation (Supplementary Figure S2). DAVID analysis was performed using the
up- and down-regulated genes. More than half of the up-regulated genes were classified as transcription
regulators (Table 1C), especially cell-cycle regulators. Although some of the down-regulated genes
were identified as being involved in Ca2+-mediated signal transduction and were reported to regulate
transcription, most down-regulated genes were classified as components or regulators of the sarcomere
motor unit or the ATPase-related group, which are the main structural components of the sarcomere
(Table 1D).

Even though genes were selected based on their high statistical significance among all differentially
expressed genes, the genes were also cross-examined by performing real-time RT-PCR with TTRkd and
comparing the results to those of TTRwt (Figure 7A). To investigate the effect of T4 on TR expression,
cells were grown under serum-free conditions with added T4 and/or TR-specific antagonist 1-850
and examined both for morphological appearance and for changes in mRNA expression levels of
certain genes. Myotube formation and mRNA levels of the myogenic marker genes (MYOD, MYOG
and MYL2) were decreased by T4 + 1-850 treatment (Figure 7B). In contrast, T4 treatment increased
myofibril diameter. The T4 treatment elevated most of the gene mRNA levels, whereas T4 + 1-850
treatment had opposite effects. However, T4 treatment reduced the suppressing effect of 1-850 on
mRNA expression of Nmrk2 (40% rescue), Sox8 (40%), Myh1 (20%), and Myh8 (30%) (Figure 7C).

To determine whether the TTRkd effects were produced by TH and its specific receptor, the TR
binding site was scanned in genome portions containing the 5′ flanking region and the first intron of
each gene. For precise analysis, two nuclear receptor scanning software programs, NHR-scan and
NUBI-scan, were utilized. All binding site candidates were predicted by using the AGGTCA sequence
arranged by the DR0, DR4, IR0, IR4, ER4, and ER6 patterns, as was used in the in silico thyroid hormone
response elements (TRE) prediction models. Consequently, most of the genes contained more than
one TRE at the 5′ flanking region. However, some genes such as Fgf21 did not have a suitable TRE.
In addition, Myh1 did not possess a TRE upstream of the first exon (Supplementary Figures S3 and S4).
Altogether, these results showed that T4 transported to the cell interior activated TR to induce gene
expression and modulated novel and major transcription regulating genes that markedly increased
during myogenic differentiation in a TH-dependent manner.
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Figure 7. Expression of down-regulated genes in TTR knock-down cells and effect of T4 treatment on
down-regulated genes. (A) TTRwt or TTRkd were cultured with 2% FBS for two days. Down-regulated
gene expression was assessed by real-time RT-PCR in TTRwt or TTRkd. (B) Cells were cultured
with serum-free media supplemented with T4 or T4 + 1-850 and incubated for two days. Myotube
formation and fusion index were observed by Giemsa staining and mRNA expression by real-time
RT-PCR. (C) Cells were incubated without or with T4, T4 + 1-850 or 1-850 for two days. Expression of
down-regulated genes without or with T4, T4 + 1-850 or 1-850 by real-time RT-PCR. Control indicates
non-treated cells. Means ± SD (n = 3). * p ≤ 0.05, ** p ≤ 0.001, *** p ≤ 0.0001.

3.8. FNDC5 Expression During Myoblast Differentiation

To confirm the function of the genes that were down-regulated by TTRkd, myokine FNDC5
was selected. FNDC5 knockdown was performed followed by culture with 2% FBS for two days.
Myotube formation and myogenic gene expression were decreased in FNDC5kd cells, whereas TTR
and TRα expressions were increased at both the transcriptional and translational levels (Figure 8A).
Next, cells were grown in serum-free media or supplemented with T4 for two days, and the FNDC5
mRNA level was analyzed in normal cells and exosomes from plasma and media of cultured cells
(FNDC5kd and FNDC5wt). FNDC5 mRNA was evident in exosomes from culture media and plasma
and decreased in FNDC5kd cells (Figure 8B). Additionally, decreased FNDC5 mRNA was observed in
T4 + TTR treatment in MSCs exosomes (Figure 8B). Expression of FNDC5 was decreased in 26-week
muscle compared with that in 16-week muscle (Figure 8C). These results show that FNDC5 positively
regulates myoblast differentiation.
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Figure 8. FNDC5 expression during myoblast differentiation. (A) FNDC5 knockdown was performed
and cells were incubated with 2% FBS for two days. Myotube formation and fusion index were observed
by Giemsa staining, mRNA expression using real-time RT-PCR and protein expression were observed
by Western blot and immunocytochemistry. (B) Cells were cultured with only serum-free media for
two days and exosomes were isolated from cultured media. FNDC5 mRNA level in normal cells,
exosomes isolated from plasma, and media of cultured cells (FNDC5wt and FNDC5kd). MSCs were
cultured with only serum-free media or supplemented with T4 for two days. FNDC5 mRNA level in
exosomes from cell, media of cultured cells with T4 or T4 + TTR. (C) FNDC5 protein expression in 16-
or 26-week muscle by immunohistochemistry and Western blot. FNDC5wt indicates cells transfected
with scrambled vector. Means ± SD (n = 3). * p ≤ 0.05, ** p ≤ 0.001, *** p ≤ 0.0001.

4. Discussion

Skeletal muscle accounts for nearly half of the body mass and represents the largest protein
reservoir in the human body [31]. Although the importance of TH signaling in muscle physiology
has been documented for several years, its precise mechanism in skeletal muscle during postnatal
myogenesis remains unclear. Initially, we demonstrated the role of TTR in sustaining the cellular T4 level
during myoblast proliferation and differentiation [6,29]. In this study, we give the first direct evidence
of TTR secretion and uptake in C2C12 mouse myoblast cells. We also identify TTR mRNA in exosomes
and its increased expression following T4 treatment, which may act as a mediator in this process.
In addition, we studied the role of TTR in T4 transport into C2C12 cells and murine MSCs during the
assessment of cell viability and differentiation. The appearance of TTR in cultured serum-free media
from myoblasts strongly suggests that TTR synthesized by C2C12 cell is secreted. This suggestion was
confirmed by TTR immunoneutralization using TTR antibody, which demonstrated a reduction in
myotube formation and mRNA level of some myogenic marker genes (especially, MYOD and MYOG),
and T4 uptake into cells, along with an increase in TTR retained in the cells. Further, it is important to
emphasize the presence of T3 in exosomes, which indicates that T3 produced in cells is secreted out of
the cell through exosomes. These results imply that muscle may not only utilize T4 but also act as a
reservoir of T3 in order to distribute it to other tissues or to more distant sites.
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Cosmo et al. reported that TH uptake by skeletal muscle can occur independently of
monocarboxylate transporter 8 (Mct8). However, they found enhanced TH action, T3 content,
and glucose metabolism in Mct8 knockout mice [32]. We speculate that TTR might maintain the TH
content in Mct8 knockout mice and, hence, normal muscle metabolism and development. The binding
affinity of TTR for T4 is high, hence, it serves as a primary distributor protein in muscle. We showed
that TTR with T4 treatment significantly increased cell viability and differentiation compared to that
of only T4 treated cells. This was consistent with our previous finding that TTR expression increases
myoblast differentiation by increasing T4 transport into the cell [29]. Similar to what we observed
in the C2C12 cell line, the T4 + TTR protein treated mouse MSCs also showed increased myotube
formation with elevated T4 concentration. Additionally, a progressive increase in TTR expression
was observed during differentiation (day 2) in primary MSC cultures. These data confirm that TTR
promotes myogenesis by enhancing the transport of T4.

Kassem et al. showed that the availability of TTR in cerebrospinal fluid (CSF) was associated with
enhanced T4 uptake into the choroid plexus and brain and this uptake was increased in the presence of
TTR [33]. Accordingly, in the present study, low T4 concentration in media with its consequent high
concentration in cells supplemented with T4 + TTR indicated that TTR enhanced the transport of T4 to
the cell interior during myoblast viability. The enhanced cell uptake may be a simple consequence of
the increased T4 level in serum, providing a concentration gradient that promotes TTR secretion and
subsequent cell uptake. Furthermore, increased uptake of TH in cells treated with both T4 and TTR
probably involves a T4 complex with TTR, as well as passive diffusion of T4, allowing for greater cell
uptake than can be accomplished by diffusion only, which is consistent with observations in human
ependymoma cells [34]. Although TTR has been reported to be the main component in maintaining
high TH levels in CSF and brain [33,35], in this study we observed that TTR also sustained the TH
concentration in skeletal muscle and, hence, promoted myogenesis.

TTR is one of three proteins required for T4 transport: TBG is the major transporter and albumin
has the lowest affinity, acting as the third T4 binding protein in human plasma [25,36]. Consistent
with this theory, we found that BSA reduced T4 transport to the cells, which was also increased
with TTR treatment as it has high efficiency for TH. Additionally, BSA treatment decreased myotube
formation and myogenic protein expression, while TTR and D2 expressions were increased at the
translational level, which might reflect the drop in the T4 level in the cells. TH regulates several genes
that are responsible for muscle development and homeostasis. Among those genes, MYOD, MYOG
and contractility-determining proteins are transcriptionally regulated by TH and are important for
regeneration and myogenesis [37]. MYOD expression regulated by TH is involved in the fast muscle
fiber phenotype, with transcriptional stimulation of the myosin-1, myosin-2 and myosin-4 isoforms [38].
TH metabolizing enzyme D2 can activate TH by outer-ring deiodination and can influence local
tissue TH levels [39]. Collectively, our findings suggest that TTR acts to maintain the TH level in
myoblast cells.

Evidence of high fluorescence-labeled TTR protein levels in cells reveals that TTR was internalized
into the myoblast cells. This supports previous results showing endocytosis of fluorescence-labeled TTR
in ependymoma cells [34]. In other reports, 125I-TTR and digoxigenin labeled TTR were internalized
by an endocytic process in rat yolk sac and β-cells, respectively [40,41]. Furthermore, increased uptake
of T4 in TTR-overexpressing cells supplemented with T4 implies that an even distribution of T4 within
the cell is not only dependent on the free fraction of T4 in serum but also on the T4 bound to TTR.
The presence of T4 or T3 significantly enhanced TTR internalization in JEG-3 cells, with TTR entering
the cells as a TTR-T4 complex [27]. In addition, Divino and Schussler [42] reported increased TTR
internalization in HepG2 cells with increasing amounts of T4 and suggested that a T4-stimulated
conformational alteration in TTR somehow enhanced the uptake of TTR.
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Reduced T4 serum concentrations have been reported in old rats [43,44], though their serum T3

level remains more controversial [43]. We show that TTR and D2 expressions with T3 concentration
have a correlation with muscle age. The reduced D2 activity is suggestive of impaired T4 conversion
in 26-week muscle. Silvestri et al. observed reduced D1 activity in 26-month-old rats relative to that
in young (6- and 12-month-old male) rats [44]. Interestingly, decreased TTR expression in 26-week
muscle was consistent with the decreased TH transporter Mct8 protein level in liver of 24-month-old
rats [44]. Furthermore, higher plasma T3 or T4 concentration in 26-week muscle could be associated
with the reduced free T4 concentration in the 16-week muscle, probably due to a higher TBG expression,
as described elsewhere [45]. Additionally, decreased T3 concentration in the 26-week muscle at the
cellular level was consistent with the findings of Silvestri et al. [44] in which decreased T3 concentration
was observed in 24-month-old rats. Nevertheless, T3 generation has been observed in 11-month-old
rats relative to that in seven-month-old rats [46], indicating that the mechanisms of T3 production from
T4 in old muscle remain poorly understood.

TH is the main endocrine regulator that acts by binding to TRs and imposing a signature type of
gene expression [11]. TH primarily functions either via nuclear receptor-mediated stimulation that
is T3 dependent or by switching off the gene transcription machinery [13]. In muscle, this signaling
pathway is regulated by the THRA1 isoform of TR [47]. The heterodimer complex formed by the TR
with RXR- binds to a TRE, leading to activation or suppression of gene transcription [13]. Accordingly,
we showed that T4 treatment induced RXRγ expression. However, myotube formation and myogenic
factors were decreased in RXRγ and TRα knockdown cells. Interestingly, RXRγ knockout mice are
unable to increase their mass in response to high-fat feeding, suggesting a specific effect of RXRγ
in skeletal muscle [48]. In muscle, the proteins whose expression are transcriptionally controlled by
T3 are SERCA1a [12], SERCA2a [49], uncoupling protein 3 (UCP3) [50], GLUT4 [51], cytosolic malic
enzyme (ME1) [52], muscle glycerol-3-phosphate dehydrogenase (mGPDH) [53], and myosin-7 [54].
Furthermore, we found that TTR and D2 expression were decreased in TRαkd cells, which explains the
retarded transport of TH into the cell. The selective functions of TRs are controlled by local ligand
availability [39,55] or by TH transport to the cell interior via Mct8 or other associated transporters [56].
The TH metabolizing enzymes D2 and D3, as well as transporters Mct8 and Mct10, are expressed in
both rodent and human skeletal muscle [57,58].

The TTR-affected genes identified by TTRkd-based microarray analysis included important
transcription factors or mediators that have the potential to control several other genes. For example,
Rbm24 is reported to regulate MYOG expression [59] and mediate skeletal muscle-specific splicing
events [60]. In contrast, Sox8, a negative regulator of myogenesis [61], has increased expression during
myogenesis of C2C12 cells. In addition, Sox8 and Heyl genes are marker genes of MSCs [61,62];
however, the Heyl gene showed increased expression during myogenic differentiation. Interestingly,
those opposing results were also observed for Nmrk2 [63]. Another research group reported that
Ddc is not produced by myotubes [64], but in the present study, it was induced by suitable myogenic
differentiation. Altogether, some genes that have been reported to be negatively correlated with
myogenesis were markedly increased in expression during myogenic differentiation in this study.

Another interesting observation from the time-course expression study is that several novel genes
that show increased expression during myogenesis responded to T4 as they did to TTR. However,
Inpp4b and Asb2, genes that contain TREs in proximity to the transcription start site (TSS), did not
show any change with T4 treatment. In the case of Inpp4b, TREs in the proximity of the promoter
were only downstream of the TSS, and the first intron was approximately 130 kb. This characteristic
indicates a rare aspect of the TTRkd-affected genes. Moreover, Fgf21 and Myh1, which do not seem to
contain TREs, showed increased expression levels. The various TRE elements have only been predicted
by a one-dimensional arrangement, moreover, a proper, precise, and complete nucleotide matrix for
this one-dimensional arrangement is not present in public databases. Due to these limitations, many
other researchers [65,66] have reported different nucleotide matrices for TREs and different reactivity
of each.
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Interaction and cooperation between TR and the mammalian insulator CCCTC-binding factor have
already been reported [67,68]. An insulator can mediate multi-dimensional chromosomal changes [69].
In addition, based on the results of the TTRkd microarray analysis, the T4 affected sarcomere genes
Myh1, Myh3 and Myh8 may be suitable candidates for TR-insulator mediated transcriptional regulation.
In the case of the Myh1 gene, no TREs were present in its promoter region.

In contrast, the FNDC5 gene, downregulated by TTRkd, also showed a high expression level during
myogenic differentiation and after T4 treatment. The FNDC5 gene encodes the irisin protein, which is
considered as a circulating myokine. The most remarkable feature of the FNDC5/irisin protein is that it
generates brown fat from white fat [70,71]. Recently, it has been shown that irisin injection stimulated
muscle hypertrophy and increased regeneration in injured skeletal muscle [72]. Additionally, enhanced
irisin levels have been found during myogenic differentiation and the additional irisin enhances the
expression of p-Erk, which has a vital role in the protein synthesis pathway [73]. Thus, knockdown of
the FNDC5 gene was undertaken. We showed that interruption of the FNDC5 gene produced a low
level of myotube formation. In humans, FNDC5 protein is cleaved to provide detectable irisin levels in
circulation. Additionally, increased irisin concentrations occur in response to exercise in humans [74].
Therefore, based on the pro-myogenic role of FNDC5 in the present study, we suggest that FNDC5
may be a potential curative target for the intrusion of muscle dystrophy. Thus, we conclude that one
control pathway within TTR myogenesis is mediated by the protein FNDC5.

5. Conclusions

In conclusion, these results suggest that: (1) a portion of the extracellular T4 enters myoblasts
or myocytes via MCT via passive diffusion and is converted to T3 by the D2 enzyme which, in turn,
induces the expression of several genes including TTR; (2) synthesized TTR exocytoses the cell through
exosomes; (3) TTR brings T4 inside the cells as a TTR-T4 complex through an endocytic mechanism;
(4) intracellularly synthesized T3 can exocytose via exosomes (Figure 9A); and (5) TTR, through the
action of T3 converted from T4, regulates gene expression of TTR intermediates, such as RXRγ and
FNDC5 (irisin), which ultimately induces myogenesis (Figure 9B). In this study, we have shown
that muscle cells use a much more active mechanism than previously thought to bring T4 into cells.
Moreover, intracellularly-generated T3, besides being used in the target muscle cells, also moves out
of the cell and affects adjacent cells as well as probably other tissues. Herein, we propose a novel
mechanism for the uptake and release of T4 and T3 in myoblasts and for TTR to act as a sensor for
intracellular T4 during myogenesis. However, this study has presented a most rudimentary picture of
T4 and T3 transport into and out of muscle cells, and further studies will undoubtedly reveal more
detailed mechanisms.
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Figure 9. Hypothesis for the role of TTR with T4 during myoblast differentiation. (A) Hypothetical
figure depicting role of TTR with T4 during myoblast differentiation. (1) T4 enters cells via Mct8 by
passive diffusion and is converted to T3 by D2 enzyme, which in turn triggers the expression of several
genes including TTR. (2) Synthesized TTR is exocytosed through exosomes, and (3) subsequently enters
the cells as TTR-T4 complex via an endocytic mechanism. (4) T3 produced in the cells can exocytose via
exosomes. (B) TTR positively regulates RXRγ and FNDC5 and triggers myogenic regulatory factors,
hence promoting myogenesis. RXRγ and FNDC5 negatively regulate TTR while RXRγ and FNDC5
regulate each other.

Supplementary Materials: The following are available online at http://www.mdpi.com/2073-4409/8/12/1565/s1,
Figure S1: Microarray analysis of TTRkd cells, Figure S2: Time-course study of down-regulated genes during
myoblast differentiation, Figure S3: Promoter of down-regulated genes was analyzed to predict TRE binding
site, Figure S4: Promoter of down-regulated genes was analyzed to predict TRE binding site, Table S1: shRNA
information, Table S2: Primer information, Table S3: Molecular weight of protein, Table S4: Functional analysis of
up- or down-regulated genes affected by TTRkd.

49



Cells 2019, 8, 1565

Author Contributions: Conceptualization: E.J.L. and I.C.; formal analysis: Y.-W.K. and I.C.; funding acquisition:
E.J.L. and I.C.; investigation: E.J.L. and D.C.; methodology: J.H.L., Y.-H.L. and S.-Y.P.; resources: S.J.P. and S.-Y.P.;
writing—original draft: E.J.L., S.S. and I.C.; writing—review and editing: E.J.L., S.S., K.A. and M.H.B.

Funding: This research was supported by the National Research Foundation of Korea (NRF) funded by the
Korean government (MSIP: grant no. NRF-2018R1A2B6001020) and a grant from the Next-Generation BioGreen
21 Program (project no. PJ01324701), Rural Development Administration, Republic of Korea.

Conflicts of Interest: The authors declare that they have no conflict of interest.

Abbreviations

TTR Transthyretin
RXR Retinoid X receptor
MSCs Muscle satellite cells
MYOG Myogenin
T4 Thyroxin
T3 Triiodothyronine
THs Thyroid hormones
TR Thyroid hormone receptors
MYOD Myoblast determination protein
TBG Thyroxine binding globulin
FBS Fetal bovine serum
P/S Penicillin/Streptomycin
D2 Iodothyronine deiodinase type 2
TRE Thyroid hormone response elements
Mct8 Monocarboxylate transporter 8
TSS Transcription start site
CSF Cerebrospinal fluid
BSA Bovine serum albumin
FNDC5 Fibronectin type III domain containing 5
CM Culture media MYL2 (Myosin light chain 2)

References

1. Blau, H.M.; Cosgrove, B.D.; Ho, A.T. The central role of muscle stem cells in regenerative failure with aging.
Nat. Med. 2015, 21, 854–862. [CrossRef] [PubMed]

2. Ahmad, K.; Lee, E.J.; Moon, J.S.; Park, S.Y.; Choi, I. Multifaceted Interweaving between Extracellular Matrix,
Insulin Resistance, and Skeletal Muscle. Cells 2018, 8, 332. [CrossRef] [PubMed]

3. Baig, M.H.; Jan, A.T.; Rabbani, G.; Ahmad, K.; Ashraf, J.M.; Kim, T.; Min, H.S.; Lee, Y.H.; Cho, W.K.; Ma, J.Y.;
et al. Methylglyoxal and Advanced Glycation End products: Insight of the regulatory machinery affecting
the myogenic program and of its modulation by natural compounds. Sci. Rep. 2017, 7, 5916. [CrossRef]
[PubMed]

4. Zhang, K.; Zhang, Y.; Gu, L.; Lan, M.; Liu, C.; Wang, M.; Su, Y.; Ge, M.; Wang, T.; Yu, Y.; et al. Islr regulates
canonical Wnt signaling-mediated skeletal muscle regeneration by stabilizing Dishevelled-2 and preventing
autophagy. Nat. Commun. 2018, 9, 5129. [CrossRef]

5. Lee, E.J.; Jan, A.T.; Baig, M.H.; Ashraf, J.M.; Nahm, S.S.; Kim, Y.W.; Park, S.Y.; Choi, I. Fibromodulin: A master
regulator of myostatin controlling progression of satellite cells through a myogenic program. FASEB J. 2016,
30, 2708–2719. [CrossRef]

6. Lee, E.J.; Bhat, A.R.; Kamli, M.R.; Pokharel, S.; Chun, T.; Lee, Y.H.; Nahm, S.S.; Nam, J.H.; Hong, S.K.; Yang, B.;
et al. Transthyretin is a key regulator of myoblast differentiation. PLoS ONE 2013, 8, e63627. [CrossRef]

7. Mishra, A.; Zhu, X.G.; Ge, K.; Cheng, S.Y. Adipogenesis is differentially impaired by thyroid hormone
receptor mutant isoforms. J. Mol. Endocrinol. 2010, 44, 247–255. [CrossRef]

8. Ambrosio, R.; De Stefano, M.A.; Di Girolamo, D.; Salvatore, D. Thyroid hormone signaling and deiodinase
actions in muscle stem/progenitor cells. Mol. Cell Endocrinol. 2017, 459, 79–83. [CrossRef]

50



Cells 2019, 8, 1565

9. Milanesi, A.; Lee, J.W.; Yang, A.; Liu, Y.Y.; Sedrakyan, S.; Cheng, S.Y.; Perin, L.; Brent, G.A. Thyroid Hormone
Receptor Alpha is Essential to Maintain the Satellite Cell Niche During Skeletal Muscle Injury and Sarcopenia
of Aging. Thyroid 2017, 27, 1316–1322. [CrossRef]

10. Soukup, T.; Smerdu, V. Effect of altered innervation and thyroid hormones on myosin heavy chain expression
and fiber type transitions: A mini-review. Histochem. Cell Biol. 2015, 143, 123–130. [CrossRef]

11. Salvatore, D.; Simonides, W.S.; Dentice, M.; Zavacki, A.M.; Larsen, P.R. Thyroid hormones and skeletal
muscle–new insights and potential implications. Nat. Rev. Endocrinol. 2014, 10, 206–214. [CrossRef]
[PubMed]

12. Simonides, W.S.; Brent, G.A.; Thelen, M.H.; van der Linden, C.G.; Larsen, P.R.; van Hardeveld, C.
Characterization of the promoter of the rat sarcoplasmic endoplasmic reticulum Ca2+-ATPase 1 gene
and analysis of thyroid hormone responsiveness. J. Biol. Chem. 1996, 271, 32048–32056. [CrossRef] [PubMed]

13. Brent, G.A. Mechanisms of thyroid hormone action. J. Clin. Investig. 2012, 122, 3035–3043. [CrossRef]
[PubMed]

14. Lazar, M.A. Thyroid hormone receptors: Multiple forms, multiple possibilities. Endocr. Rev. 1993, 14,
184–193. [PubMed]

15. Weiss, R.E.; Murata, Y.; Cua, K.; Hayashi, Y.; Seo, H.; Refetoff, S. Thyroid hormone action on liver, heart, and
energy expenditure in thyroid hormone receptor beta-deficient mice. Endocrinology 1998, 139, 4945–4952.
[CrossRef] [PubMed]

16. Muscat, G.E.; Mynett-Johnson, L.; Dowhan, D.; Downes, M.; Griggs, R. Activation of myoD gene transcription
by 3,5,3’-triiodo-L-thyronine: A direct role for the thyroid hormone and retinoid X receptors. Nucleic Acids
Res. 1994, 22, 583–591. [CrossRef]

17. Leid, M.; Kastner, P.; Lyons, R.; Nakshatri, H.; Saunders, M.; Zacharewski, T.; Chen, J.Y.; Staub, A.; Garnier, J.A.;
Mader, S.; et al. Purification, cloning, and RXR identity of the HeLa cell factor with which RAR or TR
heterodimerizes to bind target sequences efficiently. Cell 1992, 68, 377–395. [CrossRef]

18. Mangelsdorf, D.J.; Borgmeyer, U.; Heyman, R.A.; Zhou, J.Y.; Ong, E.S.; Oro, A.E.; Kakizuka, A.; Evans, R.M.
Characterization of three RXR genes that mediate the action of 9-cis retinoic acid. Genes Dev. 1992, 6, 329–344.
[CrossRef]

19. Simpson, R.J.; Jensen, S.S.; Lim, J.W. Proteomic profiling of exosomes: Current perspectives. Proteomics 2008,
8, 4083–4099. [CrossRef]

20. Valadi, H.; Ekström, K.; Bossios, A.; Sjöstrand, M.; Lee, J.J.; Lötvall, J.O. Exosome-mediated transfer of
mRNAs and microRNAs is a novel mechanism of genetic exchange between cells. Nat. Cell Biol. 2007, 9,
654–659. [CrossRef]

21. Jan, A.T.; Malik, M.A.; Rahman, S.; Yeo, H.R.; Lee, E.J.; Abdullah, T.S.; Choi, I. Perspective Insights of
Exosomes in Neurodegenerative Diseases: A Critical Appraisal. Front. Aging Neurosci. 2017, 9, 317.
[CrossRef] [PubMed]

22. Johnson, S.M.; Connelly, S.; Fearns, C.; Powers, E.T.; Kelly, J.W. The transthyretin amyloidoses: From
delineating the molecular mechanism of aggregation linked to pathology to a regulatory-agency-approved
drug. J. Mol. Biol. 2012, 421, 185–203. [CrossRef] [PubMed]

23. Richardson, S.J. Cell and molecular biology of transthyretin and thyroid hormones. Int. Rev. Cytol. 2007, 258,
137–193. [PubMed]

24. Monk, J.A.; Sims, N.A.; Dziegielewska, K.M.; Weiss, R.E.; Ramsay, R.G.; Richardson, S.J. Delayed development
of specific thyroid hormone-regulated events in transthyretin null mice. Am. J. Physiol. Endocrinol. Metab.
2013, 304, E23–E31. [CrossRef] [PubMed]

25. Alshehri, B.; D’Souza, D.G.; Lee, J.Y.; Petratos, S.; Richardson, S.J. The diversity of mechanisms influenced by
transthyretin in neurobiology: Development, disease and endocrine disruption. J. Neuroendocrinol. 2015, 27,
303–323. [CrossRef] [PubMed]

26. Blaner, W.S.; Bonifacio, M.J.; Feldman, H.D.; Piantedosi, R.; Saraiva, M.J. Studies on the synthesis and
secretion of transthyretin by the human hepatoma cell line Hep G2. FEBS Lett. 1991, 287, 193–196. [CrossRef]

27. Landers, K.A.; McKinnon, B.D.; Li, H.; Subramaniam, V.N.; Mortimer, R.H.; Richard, K. Carrier-mediated
thyroid hormone transport into placenta by placental transthyretin. J. Clin. Endocrinol. Metab. 2009, 94,
2610–2616. [CrossRef] [PubMed]

28. McKinnon, B.; Li, H.; Richard, K.; Mortimer, R. Synthesis of thyroid hormone binding proteins transthyretin
and albumin by human trophoblast. J. Clin. Endocrinol. Metab. 2005, 90, 6714–6720. [CrossRef]

51



Cells 2019, 8, 1565

29. Lee, E.J.; Pokharel, S.; Jan, A.T.; Huh, S.; Galope, R.; Lim, J.H.; Lee, D.M.; Choi, S.W.; Nahm, S.S.; Kim, Y.W.;
et al. Transthyretin: A Transporter Protein Essential for Proliferation of Myoblast in the Myogenic Program.
Int. J. Mol. Sci. 2017, 18, 115. [CrossRef]

30. Lee, E.J.; Jan, A.T.; Baig, M.H.; Ahmad, K.; Malik, A.; Rabbani, G.; Kim, T.; Lee, I.K.; Lee, Y.H.; Park, S.Y.;
et al. Fibromodulin and regulation of the intricate balance between myoblast differentiation to myocytes or
adipocyte-like cells. FASEB J. 2018, 32, 768–781. [CrossRef]

31. Gonzalez-Freire, M.; Semba, R.D.; Ubaida-Mohien, C.; Fabbri, E.; Scalzo, P.; Hojlund, K.; Dufresne, C.;
Lyashkov, A.; Ferrucci, L. The Human Skeletal Muscle Proteome Project: A reappraisal of the current
literature. J. Cachexia Sarcopenia Muscle 2017, 8, 5–18. [CrossRef] [PubMed]

32. Di Cosmo, C.; Liao, X.H.; Ye, H.; Ferrara, A.M.; Weiss, R.E.; Refetoff, S.; Dumitrescu, A.M. Mct8-deficient
mice have increased energy expenditure and reduced fat mass that is abrogated by normalization of serum
T3 levels. Endocrinology 2013, 154, 4885–4895. [CrossRef] [PubMed]

33. Kassem, N.A.; Deane, R.; Segal, M.B.; Preston, J.E. Role of transthyretin in thyroxine transfer from cerebrospinal
fluid to brain and choroid plexus. Am. J. Physiol. Regul. Integr. Comp. Physiol. 2006, 291, R1310–R1315.
[CrossRef] [PubMed]

34. Kuchler-Bopp, S.; Dietrich, J.B.; Zaepfel, M.; Delaunoy, J.P. Receptor-mediated endocytosis of transthyretin
by ependymoma cells. Brain Res. 2000, 870, 185–194. [CrossRef]

35. Chen, R.L.; Kassem, N.A.; Preston, J.E. Dose-dependent transthyretin inhibition of T4 uptake from
cerebrospinal fluid in sheep. Neurosci. Lett. 2006, 396, 7–11. [CrossRef]

36. Palha, J.A. Transthyretin as a thyroid hormone carrier: Function revisited. Clin. Chem. Lab. Med. 2002, 40,
1292–1300. [CrossRef]

37. Bentzinger, C.F.; Wang, Y.X.; Dumont, N.A.; Rudnicki, M.A. Cellular dynamics in the muscle satellite cell
niche. EMBO Rep. 2013, 14, 1062–1072. [CrossRef]

38. Allen, D.L.; Sartorius, C.A.; Sycuro, L.K.; Leinwand, L.A. Different pathways regulate expression of the
skeletal myosin heavy chain genes. J. Biol. Chem. 2001, 276, 43524–43533. [CrossRef]

39. Bianco, A.C.; Salvatore, D.; Gereben, B.; Berry, M.J.; Larsen, P.R. Biochemistry, cellular and molecular biology,
and physiological roles of the iodothyronine selenodeiodinases. Endocr. Rev. 2002, 23, 38–89. [CrossRef]

40. Dekki, N.; Refai, E.; Holmberg, R.; Kohler, M.; Jornvall, H.; Berggren, P.O.; Juntti-Berggren, L. Transthyretin
binds to glucose-regulated proteins and is subjected to endocytosis by the pancreatic beta-cell. Cell Mol. Life
Sci. 2012, 69, 1733–1743. [CrossRef]

41. Sousa, M.M.; Norden, A.G.; Jacobsen, C.; Willnow, T.E.; Christensen, E.I.; Thakker, R.V.; Verroust, P.J.;
Moestrup, S.K.; Saraiva, M.J. Evidence for the role of megalin in renal uptake of transthyretin. J. Biol. Chem.
2000, 275, 38176–38181. [CrossRef] [PubMed]

42. Divino, C.M.; Schussler, G.C. Transthyretin receptors on human astrocytoma cells. J. Clin. Endocrinol. Metab.
1990, 71, 1265–1268. [CrossRef] [PubMed]

43. Mariotti, S.; Franceschi, C.; Cossarizza, A.; Pinchera, A. The aging thyroid. Endocr. Rev. 1995, 16, 686–715.
[CrossRef] [PubMed]

44. Silvestri, E.; Lombardi, A.; de Lange, P.; Schiavo, L.; Lanni, A.; Goglia, F.; Visser, T.J.; Moreno, M. Age-related
changes in renal and hepatic cellular mechanisms associated with variations in rat serum thyroid hormone
levels. Am. J. Physiol. Endocrinol. Metab. 2008, 294, E1160–E1168. [CrossRef]

45. Savu, L.; Vranckx, R.; Rouaze-Romet, M.; Maya, M.; Nunez, E.A.; Treton, J.; Flink, I.L. A senescence
up-regulated protein: The rat thyroxine-binding globulin (TBG). Biochim. Biophys. Acta 1991, 1097, 19–22.
[CrossRef]

46. Jang, M.; DiStefano, J.J., 3rd. Some quantitative changes in iodothyronine distribution and metabolism in
mild obesity and aging. Endocrinology 1985, 116, 457–468. [CrossRef]

47. Van Mullem, A.; van Heerebeek, R.; Chrysis, D.; Visser, E.; Medici, M.; Andrikoula, M.; Tsatsoulis, A.;
Peeters, R.; Visser, T.J. Clinical phenotype and mutant TRalpha1. N. Engl. J. Med. 2012, 366, 1451–1453.
[CrossRef]

48. Haugen, B.R.; Jensen, D.R.; Sharma, V.; Pulawa, L.K.; Hays, W.R.; Krezel, W.; Chambon, P.; Eckel, R.H.
Retinoid X receptor gamma-deficient mice have increased skeletal muscle lipoprotein lipase activity and less
weight gain when fed a high-fat diet. Endocrinology 2004, 145, 3679–3685. [CrossRef]

52



Cells 2019, 8, 1565

49. Hartong, R.; Wang, N.; Kurokawa, R.; Lazar, M.A.; Glass, C.K.; Apriletti, J.W.; Dillmann, W.H. Delineation of
three different thyroid hormone-response elements in promoter of rat sarcoplasmic reticulum Ca2+ATPase
gene. Demonstration that retinoid X receptor binds 5′ to thyroid hormone receptor in response element 1.
J. Biol. Chem. 1994, 269, 13021–13029.

50. Solanes, G.; Pedraza, N.; Calvo, V.; Vidal-Puig, A.; Lowell, B.B.; Villarroya, F. Thyroid hormones directly
activate the expression of the human and mouse uncoupling protein-3 genes through a thyroid response
element in the proximal promoter region. Biochem. J. 2005, 386, 505–513. [CrossRef]

51. Zorzano, A.; Palacin, M.; Guma, A. Mechanisms regulating GLUT4 glucose transporter expression and
glucose transport in skeletal muscle. Acta Physiol. Scand. 2005, 183, 43–58. [CrossRef] [PubMed]

52. Desvergne, B.; Petty, K.J.; Nikodem, V.M. Functional characterization and receptor binding studies of the
malic enzyme thyroid hormone response element. J. Biol. Chem. 1991, 266, 1008–1013. [PubMed]

53. Dummler, K.; Muller, S.; Seitz, H.J. Regulation of adenine nucleotide translocase and glycerol 3-phosphate
dehydrogenase expression by thyroid hormones in different rat tissues. Biochem. J. 1996, 317, 913–918.
[CrossRef] [PubMed]

54. Morkin, E. Control of cardiac myosin heavy chain gene expression. Microsc. Res. Tech. 2000, 50, 522–531.
[CrossRef]

55. Gereben, B.; Zavacki, A.M.; Ribich, S.; Kim, B.W.; Huang, S.A.; Simonides, W.S.; Zeold, A.; Bianco, A.C.
Cellular and molecular basis of deiodinase-regulated thyroid hormone signaling. Endocr. Rev. 2008, 29,
898–938. [CrossRef] [PubMed]

56. Visser, W.E.; Friesema, E.C.; Visser, T.J. Minireview: Thyroid hormone transporters: The knowns and the
unknowns. Mol. Endocrinol. 2011, 25, 1–14. [CrossRef] [PubMed]

57. Friesema, E.C.; Jansen, J.; Jachtenberg, J.W.; Visser, W.E.; Kester, M.H.; Visser, T.J. Effective cellular uptake and
efflux of thyroid hormone by human monocarboxylate transporter 10. Mol. Endocrinol. 2008, 22, 1357–1369.
[CrossRef]

58. Marsili, A.; Ramadan, W.; Harney, J.W.; Mulcahey, M.; Castroneves, L.A.; Goemann, I.M.; Wajner, S.M.;
Huang, S.A.; Zavacki, A.M.; Maia, A.L.; et al. Type 2 iodothyronine deiodinase levels are higher in
slow-twitch than fast-twitch mouse skeletal muscle and are increased in hypothyroidism. Endocrinology
2010, 151, 5952–5960. [CrossRef]

59. Jin, D.; Hidaka, K.; Shirai, M.; Morisaki, T. RNA-binding motif protein 24 regulates myogenin expression
and promotes myogenic differentiation. Genes Cells 2010, 15, 1158–1167. [CrossRef]

60. Cardinali, B.; Cappella, M.; Provenzano, C.; Garcia-Manteiga, J.M.; Lazarevic, D.; Cittaro, D.; Martelli, F.;
Falcone, G. MicroRNA-222 regulates muscle alternative splicing through Rbm24 during differentiation of
skeletal muscle cells. Cell Death Dis. 2016, 7, e2086. [CrossRef]

61. Schmidt, K.; Glaser, G.; Wernig, A.; Wegner, M.; Rosorius, O. Sox8 is a specific marker for muscle satellite
cells and inhibits myogenesis. J. Biol. Chem. 2003, 278, 29769–29775. [CrossRef] [PubMed]

62. Yamaguchi, M.; Murakami, S.; Yoneda, T.; Nakamura, M.; Zhang, L.; Uezumi, A.; Fukuda, S.; Kokubo, H.;
Tsujikawa, K.; Fukada, S. Evidence of Notch-Hesr-Nrf2 Axis in Muscle Stem Cells, but Absence of Nrf2 Has
No Effect on Their Quiescent and Undifferentiated State. PLoS ONE 2015, 10, e0138517. [CrossRef] [PubMed]

63. Li, J.; Mayne, R.; Wu, C. A novel muscle-specific beta 1 integrin binding protein (MIBP) that modulates
myogenic differentiation. J. Cell. Biol. 1999, 147, 1391–1398. [CrossRef] [PubMed]

64. Smith, J.L.; Patil, P.B.; Minteer, S.D.; Lipsitz, J.R.; Fisher, J.S. Possibility of autocrine beta-adrenergic signaling
in C2C12 myotubes. Exp. Biol. Med. 2005, 230, 845–852. [CrossRef] [PubMed]

65. Harbers, M.; Wahlstrom, G.M.; Vennstrom, B. Transactivation by the thyroid hormone receptor is dependent
on the spacer sequence in hormone response elements containing directly repeated half-sites. Nucleic Acids
Res. 1996, 24, 2252–2259. [CrossRef] [PubMed]

66. Weth, O.; Weth, C.; Bartkuhn, M.; Leers, J.; Uhle, F.; Renkawitz, R. Modular insulators: Genome wide search
for composite CTCF/thyroid hormone receptor binding sites. PLoS ONE 2010, 5, e10119. [CrossRef]

67. Ali, T.; Renkawitz, R.; Bartkuhn, M. Insulators and domains of gene expression. Curr. Opin. Genet. Dev.
2016, 37, 17–26. [CrossRef]

68. Lutz, M.; Burke, L.J.; LeFevre, P.; Myers, F.A.; Thorne, A.W.; Crane-Robinson, C.; Bonifer, C.; Filippova, G.N.;
Lobanenkov, V.; Renkawitz, R. Thyroid hormone-regulated enhancer blocking: Cooperation of CTCF and
thyroid hormone receptor. EMBO J. 2003, 22, 1579–1587. [CrossRef]

53



Cells 2019, 8, 1565

69. Hou, C.; Zhao, H.; Tanimoto, K.; Dean, A. CTCF-dependent enhancer-blocking by alternative chromatin
loop formation. Proc. Natl. Acad. Sci. USA 2008, 105, 20398–20403. [CrossRef]

70. Bostrom, P.; Wu, J.; Jedrychowski, M.P.; Korde, A.; Ye, L.; Lo, J.C.; Rasbach, K.A.; Bostrom, E.A.; Choi, J.H.;
Long, J.Z.; et al. A PGC1-alpha-dependent myokine that drives brown-fat-like development of white fat and
thermogenesis. Nature 2012, 481, 463–468. [CrossRef]

71. Roca-Rivada, A.; Castelao, C.; Senin, L.L.; Landrove, M.O.; Baltar, J.; Belen Crujeiras, A.; Seoane, L.M.;
Casanueva, F.F.; Pardo, M. FNDC5/irisin is not only a myokine but also an adipokine. PLoS ONE 2013, 8,
e60563. [CrossRef] [PubMed]

72. Reza, M.M.; Subramaniyam, N.; Sim, C.M.; Ge, X.; Sathiakumar, D.; McFarlane, C.; Sharma, M.; Kambadur, R.
Irisin is a pro-myogenic factor that induces skeletal muscle hypertrophy and rescues denervation-induced
atrophy. Nat. Commun. 2017, 8, 1104. [CrossRef] [PubMed]

73. Huh, J.Y.; Dincer, F.; Mesfum, E.; Mantzoros, C.S. Irisin stimulates muscle growth-related genes and regulates
adipocyte differentiation and metabolism in humans. Int. J. Obes. 2014, 38, 1538–1544. [CrossRef] [PubMed]

74. Jedrychowski, M.P.; Wrann, C.D.; Paulo, J.A.; Gerber, K.K.; Szpyt, J.; Robinson, M.M.; Nair, K.S.; Gygi, S.P.;
Spiegelman, B.M. Detection and Quantitation of Circulating Human Irisin by Tandem Mass Spectrometry.
Cell Metab. 2015, 22, 734–740. [CrossRef] [PubMed]

© 2019 by the authors. Licensee MDPI, Basel, Switzerland. This article is an open access
article distributed under the terms and conditions of the Creative Commons Attribution
(CC BY) license (http://creativecommons.org/licenses/by/4.0/).

54



cells

Review

Role of Insulin-Like Growth Factor Receptor 2 across
Muscle Homeostasis: Implications for Treating
Muscular Dystrophy

Yvan Torrente *, Pamela Bella, Luana Tripodi, Chiara Villa and Andrea Farini *

Stem Cell Laboratory, Department of Pathophysiology and Transplantation, University of Milan,
Unit of Neurology, Fondazione IRCCS Cà Granda Ospedale Maggiore Policlinico, Dino Ferrari Center, 20122
Milan, Italy; pamelabella@hotmail.it (P.B.); tripodiluana@libero.it (L.T.); kiaravilla@gmail.com (C.V.)
* Correspondence: yvan.torrente@unimi.it (Y.T.); farini.andrea@gmail.com (A.F.); Tel.: +39-0255033874 (Y.T.);
+39-0255033852 (A.F.)

Received: 20 January 2020; Accepted: 11 February 2020; Published: 14 February 2020

Abstract: The insulin-like growth factor 2 receptor (IGF2R) plays a major role in binding and
regulating the circulating and tissue levels of the mitogenic peptide insulin-like growth factor 2 (IGF2).
IGF2/IGF2R interaction influences cell growth, survival, and migration in normal tissue development,
and the deregulation of IGF2R expression has been associated with growth-related disease and cancer.
IGF2R overexpression has been implicated in heart and muscle disease progression. Recent research
findings suggest novel approaches to target IGF2R action. This review highlights recent advances in
the understanding of the IGF2R structure and pathways related to muscle homeostasis.
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1. Introduction

The cation-independent mannose 6-phosphate/insulin-like growth factor 2 receptor
(CI-M6P/IGF2R, hereafter IGF2R) is a type-1 transmembrane glycoprotein consisting of a large
N-terminal extracytoplasmic domain, which allows it to bind to a wide variety of ligands [1,2].
The IGF2 and M6P ligands [3–5] of IGF2R have distinct but important roles in normal development
and mesoderm differentiation [6]. Many studies have demonstrated the suppression action of IGF2R
on insulin-like growth factor 1 receptor (IGF1R) signaling by scavenging extracellular IGF2 [7].
Furthermore, several lines of evidence demonstrate that IGF2 is highly expressed in rodent embryos,
where it functions as an embryonic growth factor, while its amount is diminished at birth [8]. Smith et
al. recently showed that a transgene-induced overexpression of IGF2 blocked programmed cell death,
one of the main pathological features of cancer [9]. Furthermore, in some cancers such as mammary
tumors, IGF2R behaves as a tumor suppressor gene [10], whereas in other cancers such as cervical
tumors or glioblastomas, IGF2R acts as an oncogene [11,12]. Thus, these two traits of IGF2R might
depend on cell type. Interestingly, cervical tumors and glioblastomas have common mesenchymal
founders, namely myofibroblasts [13], which are also involved in muscle disease. Muscle repair is
a complex and tightly regulated event that recruits different cell types, starting from macrophage
and lymphocyte consecutive involvement and terminating with satellite cell (SC) activation and
differentiation [14]. Among the common hallmarks of muscular dystrophy are the infiltration of
immune cells into skeletal muscle fibers, and fibrotic cell proliferation [15–18].

Impaired muscle regeneration with SC pool exhaustion is considered an additional pathological
feature of Duchenne muscular dystrophy (DMD) [19]. The main biological function of IGF2R
is the suppression of IGF1R signaling via the deprivation of extracellular IGF2 ligands. Some
studies have explained the tumor suppressive functions of IGF2R by its negative regulation of the
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oncogenic IGF2–IGF1R signal axis [2]. However, in muscle tissues, the IGFs bind to the IGF1R
leading to conformational changes and activation of its tyrosine kinase activity, promoting muscle
regeneration [20]. In injured tissues, IGF1 is secreted by SCs and mediates muscle-derived stem cell
proliferation and differentiation into myoblasts, which contribute to myofiber formation for restoring
normal tissue structures [21]. It has been demonstrated that prolonged expression of IGF1 causes an
exaggerated protein synthesis and is responsible for muscular hypertrophy, by increasing myofiber
diameter [22–25], and also preventing muscle atrophy in cases of cachexia or chronic inflammation [26].
Thus, tissue-specific IGF1 upregulation rises to the challenge of counteracting the development of
muscular dystrophy.

Similar to IGF1, autocrine IGF2 is fundamental to mediate the differentiation of SCs in vitro,
but little is known about its role in skeletal muscle development and regeneration in vivo [27].
The expression profile of IGF2 is quite complicated as it depends on multiple-promoter activation,
alternative translation initiation and messenger RNA (mRNA) stability. IGF2R functions as a negative
regulator of IGF2 in embryonic skeletal muscles and modulates the amount of systemic IGF2 by
inducing its degradation through lysosomes and clearance from the circulation [28,29].

Even if the signaling cascade that regulates the activation of IGF2 at muscular level is not
determined, it has been shown that the phosphatidylinositol 3-kinase (PI3K)–the serine/threonine
protein kinase B (AKT) pathway is the IGF2 downstream pathway contributing to mammalian target
of rapamycin (mTOR) functions [30]. A study by Ge et al. [31] showed that the synergic activity of
mTOR with miR-125b regulated IGF2 production both transcriptionally and post-transcriptionally,
and that these events positively influence myogenesis.

In muscle pathology and ageing contexts, where there is a predominant switch of the fiber
phenotype from fast to slow [32,33], IGF2 was also able to orchestrate the development of fast myofibers
by acting as a twitch motor unit during secondary myogenesis. The modulation of IGF2 expression had
a dramatic impact on the amount of fast myofibers in the respiratory (intercostal and diaphragmatic)
muscles, likely lessening cardio-respiratory dysfunction related to DMD. IGF2 targeting was suggested
as a feasible therapeutic strategy, since IGF2 has a small size and consequently it could be easily
distributed to a skeletal muscle target [34]. However, the IGF2R signaling pathways involved in muscle
repair and disease remain to be identified.

2. Structure, Genomic Organization and Gene Imprinting of IGF2R

Imprinting genes are those whose expression is determined by one’s parents. They occur in discrete
clusters that are regulated by DNA elements called imprinting control regions (ICR). The two copies of
one imprinted gene are characterized by methylation of cytosine–guanine base pairs. This modification
originates in the paternal germ cells—after adding a methyl group, the chromatin becomes inaccessible
to transcription machinery, so the gene is silenced. The IGF2/H19 locus is one of the imprinted gene
clusters in human chromosome 11p15.5 or mouse distal chromosome 7 and plays a primary role
in muscle cell development [35]. The expression of this cluster is regulated by a distant enhancer
downstream of the H19 coding region. A recent study presents paxillin (PXN), a focal adhesion protein,
as a transcriptional regulator of the IGF2 and H19 genes; in particular, it has the opposite effect on the
activity of the IGF2 and H19 promoters [36]. The knockdown of PXN in human HepG2 cells allows
for an increase in the activity of the H19 promoter and at the same time a decrease in the activity of
the IGF2 promoter [36]. In a recent study, it was demonstrated that the loss of imprinting (LOI) in a
mouse model of Beckwith–Wiedemann syndrome (BWS) results in impaired muscle differentiation
and hypertrophy. It was also proposed that there is a signaling pathway in which IGF2 overexpression
allows for an overactivation of mitogen-activated protein kinase (MAPK) signaling, while a loss of H19
long non-coding RNA (lncRNA) prevents the regulation of p53 levels, resulting in reduced AKT/mTOR
signaling [35].

The IGF2R is an example of differential imprinting in the human and mouse genomes; the IGF2R
is repressed on the paternal chromosome in the murine genome, but the same gene is expressed from
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both alleles in humans. For humans, the study was conducted on several tissues—adult liver, placenta,
fetus, kidney, adrenal, brain, intestine, heart, tongue, skin and muscle: in all these samples both
IGF2R alleles were expressed more or less at the same level. Accordingly, it was established that this
character is subject to Mendelian segregation, escaping imprinting. As a plausible explanation for this
phenomenon, Kalscheuer et al. suggested that the stages of initiation and maintenance of imprinting
could be under the control of trans-acting factors that could act differently in mice compared to in
humans [37]. They also hypothesized an alternative explanation based on the structural difference of
the mouse and human IGF2R genes, as an “imprinting box” was previously discovered that could be
modified by methylation in the female gamete and allowed maternal expression [37]. The IGF2R gene
is located on mouse chromosome 17: it is composed of 48 exons and encoded for a 2482-amino acid
protein. Exons 1–46 comprise the extracellular part of the receptor, while the transmembrane portion
and the cytoplasmic region are located, respectively, on exon 46 and 46–48 [38].

3. IGF2R-Dependent Pathway

M6P/IGF2-R lacks intrinsic kinase activity, and the role of G-proteins in its downstream pathway
has been investigated. Functionally, G-proteins are a class of proteins that interact with multi-spanning
receptors (seven transmembrane receptors or heptahelical receptors). Some studies have speculated
that M6P/IGF2-R, although characterized by a single-spanning structure, might initiate signaling
cascades through G-proteins in a direct or indirect manner. It is well known that the pertussis toxin
exerts its activity by binding and blocking the activation of the α subunit of the Gq/11-protein [39].
El-Shewy et al. showed that the use of this toxin is able to inhibit the function of M6P/IGF2-R, therefore
suggesting the involvement of G-proteins in the downstream pathway of M6P/IGF2-R. Pre-treatment
of Human embryonic kidney 293 cells (HEK-293) cells with the pertussis toxin can significantly reduce
the level of extracellular signal-regulated kinase 1/2 (ERK1/2) phosphorylation resulting from the
interaction of IGFs with their receptors. The indirect activity of these receptors is carried on through
parallel activation of G-protein-coupled receptors (GPCR). They also observed that the administration
of IGF1 and IGF2 ligands activates sphingosine kinase (SK) 4, which is translocated from the cytosol
to the plasma membrane. There, it promotes an increase in extra- and intracytoplasmic levels of
sphingosine-1-phosphate (S1P). S1P’s interaction with its G-protein-coupled receptor represents a
general mechanism for indirect G-protein-dependent signaling of M6P/IGF2-R resulting in ERK1/2
phosphorylation [40]. Conversely, the direct activity of IGF2R and G-proteins was hypothesized
by Nishimoto et al. [41,42]: based on their observations, a region of the cytoplasmatic domain of
M6P/IGF2-R may contain aminoacidic residues (2410–2423) that directly bind and activate G-proteins,
in particular, Gi-2. This is supported by evidence that the use of both human and rat antibodies targeting
aminoacidic residues is able to inhibit the activation of Gi-2 resulting from M6P/IGF2-R stimulation.

4. Functions of IGF2R

4.1. IGF2R Expression Levels Regulate Cardiac Development and Remodeling

The expression of the IGF2R gene is particularly abundant in embryo hearts. IGF2R-deficient
mice display dramatic cardiac dysfunction and heart failure development. In adults, low levels of
IGF2R expression lead to heart disease and apoptosis in cardiac myocytes [43], while upregulation
determines myocardial infarction, remodeling [44] and hypertrophy [45]. In particular, the IGF2R
activates phospholipase C (PLC) through the heterotrimeric G-protein-coupled receptor: this interaction
is mediated by αq G subunits (Gαq) that in turn allow the function of different enzymes such as
the protein kinase C-α (PKC-α), Ca2+-calmodulin-dependent protein kinase II (CaMKII) and ERK
kinase—all upregulated in cardiac hypertrophy [46]. Alternatively, the modulation of IGF2R can
enhance cardiomyocyte apoptosis and cardiac contractility by inhibiting protein kinase A (PKA)
phosphorylation [47]. A recent study showed that IGF2R expression is negatively controlled by the
cardioprotective heat shock transcription factor 1 (HSF1). Antitumor drugs such as doxorubicin (DOX),
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meanwhile, lead to high levels of IGF2R expression in cardiomyocytes, through a decrease in HSF1,
and trigger cardiac apoptotic processes [48]. IGF2R expression in the heart may also mediate increased
sizes of cardiomyocytes, in a manner dependent on PKA activation, and mediate atrial natriuretic
peptide (ANP), calcium-dependent channels (SERCA) and phospho-troponin I signaling, as described
recently by Wang et al. [49].

4.2. IGF2R Modulates Vascular Remodeling and Skeletal Muscle Growth

IGF proteins play an essential role in skeletal muscle homeostasis and vascular mechanisms
involving smooth muscle cells (SMCs). The latter are driven by IGF2 in the development and
migration processes occurring during vascular growth or in response to vascular damage. A study
has verified the role of IGF2 in SMC migration by studying the interaction between the cellular
repressor of E1A-stimulated gene (CREG) factor and M6P/IGF2-R. Specifically, when the CREG factor
binds M6P/IGF2-R, it is able to inhibit the SMC proliferation process and the migration process.
Further studies showed that CREG knockdown leads to an increased release of IGF2, mitigating its
internalization and partly restoring the migration process of the SMCs. Accordingly, the use of an
anti-human IGF2-neutralizing antibody on a CREG knockdown population promotes the inhibition
(in a concentration-dependent manner) of the SMCs’ migration process [50]. Despite the shortage of
detailed articles, an indirect point of view of the solid connection between vascular remodeling and
IGF2R is offered by Ca2+ signaling. A comprehensive body of literature has already demonstrated that
IGF2R triggers several intracellular signaling pathways aimed at Ca2+ mobilization [41]. This cascade
may occur through an increase in PKC-α phosphorylation or in a Gαq-dependent manner [51], such as
for controlling hypertrophy in cardiac cells, or through PLC-induced interactions between IGF2R and
G(i) protein, as in endothelial progenitor cells (EPCs) [52]. In the latter case, the upstream role of
IGF2R possibly affects the migration, adhesion and invasion of EPCs in the neovascular zone, therefore
raising the importance of IGF2R for vessel network formation, both in embryonic and in post-ischemic
vasculo-genesis. Vascular SMCs, composing the medial layer of blood vessels, are also essential for the
maintenance of post-natal vascular homeostasis, and their correct functionality is subordinated to Ca2+

signaling. Intracellular calcium is likely to regulate the mechanical properties of SMCs through a tight
modulation of α5β1 integrin, α-SMA and cell–ECM interactions. The Ca2+ dynamic across cells may
activate the elasticity and the adhesion properties of vascular SMCs, with physiologically important
consequences on vascular tone and resistance, and blood flow and pressure [53].

A more complex signaling pathway underlying Ca2+ entry and exit from cells [54] is tuned by
ATP-dependent pumps, which counterbalance the calcium ion levels and the electrolyte homeostasis.
Among these pumps, sarcoplasmic/endoplasmic reticulum (SR) Ca2+ATPase (SERCA) is the one in
charge of the Ca2+ homeostasis within the reticulum, with a role susceptible to the type of cells [55,56].
There are three isoforms of SERCA characterized by tissue-specific expression. Briefly, the fast twitch
skeletal muscle isoform SERCA1 has been found in the heart, and, to a lesser extent, in the liver, kidney,
brain and pancreas [57]. Variants of SERCA2 have been detected preferentially in cardiac, skeletal and
vascular smooth muscle [58]. SERCA3 isoforms are heterogeneously expressed through tissues and,
conversely to the others, are characterized by a low affinity to Ca2+ [59]. Altered levels of SERCA
proteins lead to aberrant calcium flux dynamics, which are responsible for the reduced contractility
and dysfunction of SMCs observed in numerous diseases including cardiomyopathies, atherosclerosis,
metabolic syndromes, and diabetes [60,61]. Although this evidence implies a connection between
SERCA, IGF2R and calcium flux, a thorough explanation of the causal relationships is yet to be provided.
Recently, we have identified a possible pathway in the context of muscular dystrophies, which are
often associated with Ca2+ dysfunction: the contractile function of muscle fibers is dependent on the
expression of many proteins involved in the calcium cycle between the cytosol and SR. Ca2+ signaling
includes the ryanodine receptor, which is the SR Ca2+ release channel; the troponin protein complex,
which leads to contraction; the extracellular Ca2+ reuptake pump, which mediates the flux of Ca2+

into the SR by a mechanism called store-operated Ca2+ entry (SOCE); and calsequestrin, the Ca2+
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storage protein in the SR. In addition, several Ca2+-binding proteins are present in muscle tissue
such as calmodulin, annexins, myosin, calcineurin and calpain [62]. In our study, we found that
IGF2R expression is increased in dystrophic muscles, and IGF2R and the store-operated Ca2+ channel
CD20 share a common hydrophobic binding motif stabilizing their association. We verified that the
intravenous administration of an anti-IGF2R-neutralizing antibody facilitates IGF2/IGF1R interactions,
while the occurrence of CD20 phosphorylation activation promotes the entrance of Ca2+ ions into the
sarcoplasm [63]. Based on this evidence, we proposed a signaling pathway to explain the activation of
SERCA and the Ca2+ flux through cells. Among the pathway proteins, STIM1 and ORAI1 are engaged
in SOCE regulation and activation. STIM1 acts as a sensor of Ca2+ concentration in cellular stores
and undergoes a horizontal movement in the SR membrane when the ER is calcium-depleted. Due
to this shifting, STIM1 interacts with the membrane channel protein ORAI1 and causes calcium to
enter the cell. After the replenishment of calcium stores, the ORAI1/STIM1 interaction dissolves and
the Ca2+ influx stops. CD20 phosphorylation decreases the interaction between CD20 and ORAI1 in
store-depleted myoblasts, largely in anti-IGF2R-treated myoblasts.

In dystrophic muscle, SERCA activity is reduced [64,65] leading to higher cytoplasmic levels of
calcium ions. After anti-IGF2R treatment, calcium uptake is activated by CaMKII-dependent regulation
of SERCA1: the blockade of IGF2R allows the activation of calcineurin, which dephosphorylates
the nuclear factor of activated T cells (NFAT), which, consequently, shuttles into the nucleus,
promoting activation of the genes involved in myogenic differentiation. Moreover, the binding
of anti-IGF2R to domain 11 of IGF2R activates IGF2R/Gαi2 interactions, preventing the interplay
with IGF2. This event increases the bioavailability of IGF2 for IGF1R and promotes the activation of
PI3-K/AKT/mTOR signaling involved in expression of myogenic genes. Our results demonstrated
that the blockade of IGF2R in mdx muscles rescued the murine dystrophic phenotype and increased
force production. The in vivo experiments also revealed a marked vascular remodeling consisting
of structural modifications resulting in higher linearization and wrapping of muscle fibers. It was
conceivable that EPCs and pericyte cells accounted for the amelioration of the microvasculature and
the blood supply. Adhesion and migration of EPCs could be affected directly by the IGF2R blockade,
while pericytes cells, which present a contractile activity, could sense the calcium uptake activation [66].
Initially, pericytes had been discovered as mural cells able to provide capillary stability by interacting
with endothelial cells. This classification was exceeded by anatomical and morphological evidence [67]
demonstrating that pericytes could not only have a contractile activity, but they could regulate blood
flow, capillary diameters and vascular tone [66,68,69]. In turn, pericytes’ behavior in microcirculation
can be regulated by upstream and downstream signaling, depending on the tissues and cell types.
For instance, in healthy conditions, pericytes’ coverage of the retina is essential for maintaining the
contact with the endothelium and the integrity of the vascular barrier. Diabetic mice exhibit altered
retinal vasal permeability caused by high levels of macrophage-secreted cathepsin D (CD). CD has
been shown to disrupt the pericyte–endothelial junction either by increasing Rho/ROCK-dependent
cell contractility [70] or by binding to IGF2R via 2M6P binding sites and changing PKC-α–CaMKII
signaling [71].

Additional demonstrations of the association of IGF2R with insulin resistance and glucose
homeostasis are based on the discovery of IGF2R genetic variants and soluble circulating IGF2R [72] in
both type 1 (T1DM) and type 2 (T2DM) diabetes mellitus [73,74]. In T2DM, hyperglycemia seems to
severely affect the islet capillary pericytes in terms of reduced numbers, improper islet coverage, altered
calcium flux sensitivity, and relaxation phenotype shift [75]. As a response, diabetic capillaries dilate,
blood pressure increases, and islets lose the ability to adapt and control their blood flow. Finally, high
glucose concentrations and streptozotocin-induced diabetic conditions lead to abnormal activation of
the IGF2R pathway and a downstream signaling for the expression of proteins related to hypertrophy
in cardiac tissues, and to apoptosis in cardiomyocytes [76].

Taken together, this evidence suggests the importance of IGF2R in the pathogenesis or
treatment of disorders related to energy metabolism, vascular remodeling and muscle homeostasis.
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However, unraveling the signaling of the whole process within different tissues requires further and
extensive investigation.

4.3. IGF2R Is Involved in Carcinogenesis

As described above, the proteins that constitute the IGF system—IGF1/IGF2, the surface receptors,
and the IGF-binding proteins—regulate a plethora of functions related to growth and development
operating through AKT1, mitogen-activated protein kinase (MAPK) and the phosphatidylinositol
3-kinase (PI3K) [77]. Consequently, dysfunction in this complex system is often associated with cancer.
The upregulation of IGF2 was described in colorectal cancers (CRC) due to epigenetic mechanisms,
and it was associated with poor survival [78]. In particular, IGF2 was dramatically overexpressed
in tumorigenic clones related to IGF1, leading to constitutive activation of IGF1R and AKT [79] and
to malignant modulation of apoptosis and stemness [80]. In addition, the loss of IGF2 imprinting
was associated with esophageal adenocarcinoma [81], while the hypomethylation of one of the IGF2
promoters caused dysfunction in the transcriptional regulator Kruppel-like factor 4 (KLF4) in humane
prostate cancer [82]. Genetic mutations in IGF2R can modify the bioavailability of IGF2 so that cancer
cells can dramatically proliferate. Different studies demonstrated that IGF2R expression could be
involved in the development of hepatocarcinoma, breast and ovarian human cancers by encoding
for a tumor suppressor gene [83]. In particular, the loss of heterozygosity (LOH) at the M6P/IGF2R
gene locus on 6q26–27 chromosome seemed to be associated with the invasiveness of breast cancers,
while M6P/IGF2R point mutations were identified in hepatoma, gastrointestinal (mainly associated
with microsatellite instability) and prostate tumors [84]. This condition likely led to uncontrolled IGF2
upregulation that enhanced cancer growth and survival by binding to IGF1R. In particular, the work of
Delaine et al. [85] showed a new hydrophobic patch on the domain 11 of the IGF2R that is fundamental
for the high binding affinity of IGF2/IGF2R. The first direct demonstration of IGF2R in tumor growth
came from the work of Chen et al., in which they described how the downregulation of M6P/IGF2R
expression in adenocarcinoma cells led to increased cell proliferation and decreased susceptibility to
apoptosis, according to the bioavailability of TNFα and activated TGF-β. In addition, this condition
was probably hampered by the action of IGF2 and cathepsins B and D [86]. Interestingly, ligands other
than IGF2 can bind to IGF2R: among them are urokinase-type plasminogen activator receptor (uPAR)
and retinoic acid, whose activity allows the internalization of IGF2 [7]. All the IGF2R-dependent
pathways are summarized in Figure 1.
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Figure 1. A schematic model of the IGF2R-dependent mechanisms leading to cardiac and skeletal
muscle impairment, and cell sources of IGF2R expression in dystrophic muscle.

5. Conclusions

Fetal growth and post-natal growth are closely regulated by the insulin-like growth factor axis:
alterations in the IGF signaling pathways could cause severe dysfunction in somatic growth and
development and be responsible for tumor proliferation. We have recently demonstrated in mdx
mice that intravenous administration of an anti-IGF2R neutralizing antibody significantly upregulated
muscle regeneration and decreased fibrosis, leading to the rescue of the pathological phenotype. The
inhibition of IGF2R resulted in an increase in intracellular Ca2+ in myoblasts and increased SERCA1
activity, possibly operating through CD20. This condition allowed NFAT dephosphorylation and its
translocation into the nucleus. The dystrophic phenotype rescue activated in vivo by the anti-IGF2R
antibody was further corroborated by higher numbers of structurally more linear microvessels
enveloping myofibers. It is likely that anti-IGF2R acts on pericyte function, determining normalization
of the vascular wall and consequent amelioration of the oxygenation of the dystrophic muscle.
As contractile cells, pericytes can regulate their tone and contraction depending on the intracellular
calcium concentration and consequently tune the capillary diameter and blood flow [69].

This is an exciting time in our understanding of muscular dystrophies. Increasing knowledge
of IGF2R’s role in muscle disease is starting to suggest new therapeutic approaches. A challenge for
the future will be to understand how IGF2R interacts with other components of the muscle system
to influence muscular dystrophy progression. Similarly, genetic and epigenetic changes affecting
IGF2R need to be considered. Therefore, targeting IGF2R may be a potential therapeutic strategy for
muscular dystrophies.
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α-SMA alpha smooth muscle actin
ANP atrial natriuretic peptide
CaMKII Ca2+–calmodulin-dependent protein kinase II
CREG Cellular Repressor of E1A-stimulated Gene
ECM extracellular matrix
EPC endothelial progenitor cell
Gαq αq G subunits
GPCR G-protein-coupled receptors
NFAT nuclear factor of activated T cells
PKA protein kinase A
PKC-α protein kinase C-α
PLC phospholipase C
SERCA sarcoplasmic/endoplasmic reticulum (SR) Ca2+ATPase
SMC smooth muscle cell
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Abstract: The recent advances, offered by cell therapy in the regenerative medicine field, offer a
revolutionary potential for the development of innovative cures to restore compromised physiological
functions or organs. Adult myogenic precursors, such as myoblasts or satellite cells, possess a
marked regenerative capacity, but the exploitation of this potential still encounters significant
challenges in clinical application, due to low rate of proliferation in vitro, as well as a reduced
self-renewal capacity. In this scenario, induced pluripotent stem cells (iPSCs) can offer not only an
inexhaustible source of cells for regenerative therapeutic approaches, but also a valuable alternative
for in vitro modeling of patient-specific diseases. In this study we established a reliable protocol to
induce the myogenic differentiation of iPSCs, generated from pericytes and fibroblasts, exploiting
skeletal muscle-derived extracellular vesicles (EVs), in combination with chemically defined factors.
This genetic integration-free approach generates functional skeletal myotubes maintaining the
engraftment ability in vivo. Our results demonstrate evidence that EVs can act as biological “shuttles”
to deliver specific bioactive molecules for a successful transgene-free differentiation offering new
opportunities for disease modeling and regenerative approaches.

Keywords: iPSC; extracellular vesicles; pericytes; skeletal muscle

1. Introduction

Skeletal muscle is a dynamic tissue with remarkable features for endogenous regeneration
provided by muscle progenitors, such as satellite cells. However, in the presence of progressive muscle
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loss or degeneration, such as muscular dystrophies or aging, satellite cell function is largely affected
due to an incorrect asymmetric division or aberrant transcriptional regulation [1–4]. Other adult
progenitor cells with myogenic properties, including mesangioblasts [5], pericytes [6,7], muscle side
cell population [8], interstitial cells PW1+/PAX7− [9], or stem cells derived from bone marrow [10]
would be considered promising candidates for muscle repair therapy. Despite this, the reduction of
proliferative capacity after isolation and the progressive loss of self-renewal potential strongly limit the
use of adult progenitor cells for clinical application [11].

On the other hand, induced pluripotent stem cells (iPSCs) represent a valuable source of myogenic
progenitors (MPs), essential for cell-based therapy. Indeed, iPSCs not only would allow autologous
transplantation but they can also be produced in large quantities, with an unlimited replication ability
in vitro. Furthermore, differentiated iPSCs can be used as individual-specific tissue modeling for
the validation of innovative therapies, limiting the toxic effects for the patient and providing early
indications on the efficacy [12,13].

Many efforts have been made to establish efficient methods for obtaining MPs from iPSCs,
mostly relying on the transgenic expression of major myogenesis regulators, such as myoblast
determination protein 1 (MyoD) and Pax7 (key myogenic transcription factors) [14–17]. The main
disadvantage of these approaches is that forced expression of the MyoD protein leads to cell cycle arrest
along with the consequent loss of the in vitro muscle progenitor generation. The risk of unwanted
genetic recombination is a widespread limiting issue for future clinical application.

The use of chemical modulators to activate relevant myogenic pathways represents a promising
approach to enhance the efficiency of myogenic iPSC differentiation [18–20]. In particular, a myogenic
differentiation improvement of human ESC/iPSC through the treatment with a homologous wingless
and Int-1 (Wnt) agonist, the glycogen synthase kinase-3 inhibitor (GSK-3, CHIR9902), has been
reported [18,19]. Early inhibition of GSK3β is mandatory for the induction of paraxial mesoderm and
activation of the myogenic program [21].

In this study we explored the possibility to exploit the content of extracellular vesicles (EVs),
released from differentiated myotubes (MTs), in combination with GSK3 inhibitor, in order to
synergistically enhance myogenic differentiation.

To date, the scientific interest regarding the role of EVs in cell-to-cell communication, both in
physiological and pathological conditions, is rapidly increasing. EVs are similar in composition to
their cell of origin, and their cargo can activate signaling pathways in target cells, thus modulating
their activities. In particular, the content of EVs derived from skeletal muscle plays a fundamental role
for skeletal muscle homeostasis and development [22,23]. Several studies have shown that skeletal
muscle cells release protein/nucleic acid complexes within microvesicles, which promote myogenesis
and muscle regeneration [24–27]. EVs derived from MTs (MT-derived EVs) were found to be able to
promote the differentiation of myoblasts by altering the expression of cyclin-D1 and myogenin [27].
Another study reported that exosomes, a subclass of EVs measuring approximately 100 nm in diameter,
secreted during myotube differentiation, contribute significantly to the myogenic differentiation of
stem cells derived from human adipose tissue [28].

Previous researches have shown that iPSCs retain molecular characteristics of the cell from
which they originate, named ‘epigenetic memory’, which is able to strengthen the propensity
for re-differentiation in the same tissue [29,30]. On the basis of this, in order to enhance muscle
differentiation and exploit myogenic predisposition, muscle-derived pericytes (PCs) and skin fibroblasts
(FBs) derived from the same donor were employed as cell sources for iPSC generation. PCs surround the
endothelial layer of small/medium vessels that reside beneath the microvascular basement membrane.
Despite their role in regulating blood flow, angiogenesis, and maintenance of vascular tissue
homeostasis [31], not much is known about pericytes as a source of muscle progenitor cells [6,7].
However, several studies have shown that pericytes are strongly predisposed to differentiate into
myogenic lineage and repair muscle damage [6,7,32].
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In this study, we established a defined transgene-free protocol, which allows iPSCs, derived
either from muscular pericytes or skin fibroblasts, to differentiate into MT-like cells when exposed
to GSK-3 inhibitor and EV cargo. This combination improved the differentiation yield into muscle
cells up to 70% and the fusion index. After 30 days, evidence of an enhanced muscle differentiation
was further revealed by an increased expression of myogenic markers. Furthermore, we found a
propensity in pericyte-derived iPSCs to re-differentiate toward the skeletal muscular fate compared to
fibroblast-derived counterpart.

Finally, in a pilot study, differentiated iPSCs were injected intramuscularly into anterior tibialis
(TA) muscle of immunodeficient alpha-sarcoglycan knockout (KO) mice. The differentiated cells were
able to integrate into the host regenerating myofibers, revealing a possible application of the proposed
method in regenerative medicine.

2. Materials and Methods

2.1. Cell Isolation

Skin and muscle specimens were obtained from 3 healthy donors, aged between 20 and 40, upon
informed consent in line with the Declaration of Helsinki. Tissues were digested and muscular cell
suspension was cultured in alpha Minimum Essential Medium (αMEM; Thermo Fisher Scientific,
Waltham, MA, USA), 20% fetal bovine serum (FBS; Thermo Fisher Scientific), and penicillin (100 U/mL;
Thermo Fisher Scientific) and streptomycin (100 μg/mL; Thermo Fisher Scientific). Pericytes were then
selected by their ability to grow on plastic at low confluence (0.1–1 × 104 cell/cm2). Skin cells were
plated in Dulbecco’s Modified Eagle Medium (DMEM; Thermo Fisher Scientific) supplemented with
10% FBS, 0.5 mM β-mercaptoethanol (Thermo Fisher Scientific), 100 U/mL penicillin, and 100 μg/mL
streptomycin (Thermo Fisher Scientific) at a density of 5 × 104 cells/cm2.

2.2. Tube-Formation Assay

Pericytes and human umbilical vein endothelial cells (HUVEC; Lonza, Basel, Switzerland) were
seeded in 8-well Permanox chamber slides coated with Matrigel (Becton Dickinson Franklin Lakes,
NJ, USA), either separately (3.75 × 104 cells per well) or co-cultured together at a 1:4 ratio, in Endothelial
Cell Growth Basal Medium-2 (EBM-2; Lonza). Cells were incubated for 5 h to allow tube formation.
Images of newly formed networks were captured at 10X magnification.

All experiments were performed in duplicates. Analysis was achieved using the Angiogenesis
Analyzer tool (ImageJ Software, https://imagej.nih.gov/ij/).

2.3. Pericyte and C2C12 Myogenic Differentiation

Spontaneous skeletal myogenic differentiation of human pericytes and C2C12 cells was induced by
plating 104cells/cm2 in αMEM, 20% FBS and penicillin/streptomycin. After the cells reached confluence,
we replaced the medium with low-serum medium (2% horse serum, HS, Thermo Fisher Scientific) for
about 10 (pericyte differentiation) and 5 (C2C12 differentiation) days.

2.4. Lentiviral Vector Generation

The lentiviral vector employed for the induction of reprogramming was composed of a single
excisable polycistronic lentiviral stem cell cassette (STEMCCA), encoding the Yamanaka factors [33].
Low passage 293T cells (Cell Biolabs, San Diego, CA, USA) were used to produce lentiviruses,
employing the psPAX2 and vesicular stomatitis virus G protein (VSV-G) packaging constructs and
a calcium phosphate transfection protocol. Supernatants containing STEMCCA lentiviruses were
collected 48 h later, filtered, and used immediately right after preparation. The lentiviral vector used to
introduce a Green Fluorescent Protein (GFP) transgene for the isolation of GFP+-EVs was produced
employing the calcium phosphate method into 293FT packaging cells.
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2.5. iPSC Generation

To induce reprogramming, we exposed pericytes and fibroblasts, at early passages, to fresh
lentiviral medium 3 times at 12 h intervals. Lentiviral medium was then replaced with fresh medium.
After a further 5 days, 1 × 103 transduced cells/cm2 were plated on a feeder layer constituted of
inactivated mouse embryonic fibroblast (iMEF). Cells were then cultured in iPSC medium composed
of knockout DMEM (Life Technologies, Carlsbad, CA, USA), supplemented with 20% knockout Serum
Replacement (Life Technologies), 20 ng/mL of basic fibroblast growth factor (bFGF; Life Technologies),
1% N-2 (Life Technologies), 2% B27 (Life Technologies), 2 mM Glutamax (Life Technologies), 100 μM
Eagle′s minimum essential medium non-essential amino acid solution (MEM-NEAA, Life Technologies),
100μMβ-mercaptoethanol, 100 U/mL penicillin and 100μg/mL streptomycin. After iPSC line expansion
and characterization was carried out, cells were adapted to feeder-free condition, by seeding them on
Geltrex matrix (Thermo Fisher Scientific) in Essential 8 medium (Life Technologies).

2.6. iPSC Multilineage Differentiation

Cardiomyocyte differentiation was performed using STEMdiff Cardiomyocyte Differentiation Kit
(StemCell Technologies, Vancouver, BC, Canada) according to the manufacturer’s instructions. Briefly,
uniform undifferentiated iPSC colonies were harvested and seeded as single cells at 3.5 × 105 cells per
well in a 12-well format. After 48 h, the iPSC medium was replaced with Medium A to induce the cells
toward a cardiomyocyte fate. On day 2, a full medium change was performed with fresh Medium B.
On days 4 and 6, medium B was replaced with fresh Medium C. On day 8, medium was switched to
cardiomyocyte Maintenance Medium with full medium changes on days 10, 12 and 14, to promote
further differentiation into cardiomyocyte cells.

Neural differentiation was promoted plating 1 × 106 cells/mL in Neural Induction Medium
(Thermo Fisher Scientific) for 7 days. On day 8, iPSC-derived neural stem cells were harvested and
expanded in Neural Expansion Medium (Thermo Fisher Scientific).

For endothelial differentiation, human iPSC cells were cultured in Roswell Park Memorial Institute
medium (RPMI; Sigma-Aldrich, St. Louis, MO, USA) plus B27 medium with 6 μM CHIR99021 (CHIR;
Sigma-Aldrich). On day 2, we replaced the medium with fresh RPMI supplemented with B27 and 2 μM
CHIR. After 48 h, the medium was changed with EGM-2 medium supplied with vascular endothelial
growth factor (VEGF; PeproTech, London, UK), bFGF, and SB431542 (Merck, Darmstadt, Germany).
Every other day, the medium was changed with fresh EGM-2 medium supplied with VEGF, bFGF,
and SB431542.

2.7. Isolation of MT-derived EVs

EVs were isolated from conditioned medium of C2C12 myoblasts, differentiated into myotubes,
using HS, previously centrifuged at 100,000× g for 16 h at 4 ◦C for EV depletion. After 48 h of incubation
in fresh medium, EVs were harvested and purified by differential centrifugation—cell debris and
organelles were eliminated at 500× g for 20 min followed by another centrifugation at 3500× g for
15 min at 4 ◦C. EVs were pelleted by ultracentrifugation at 100,000× g for 70 min at 4 ◦C by L-80-XP
ultracentrifuge (Beckman-Coulter, Brea, CA, USA). Finally, the pellet was washed with cold PBS
(Phosphate Buffered Saline) in order to minimize sticking and trapping of non-vesicular materials.
Purified EVs were used immediately after isolation.

2.8. Myogenic Differentiation by MT-Derived EVs

Human iPSCs with no differentiated colonies, expressing pluripotency markers were used for
the differentiation process. The iPSCs were cultured under feeder-free conditions using Essential 8
medium on Geltrex matrix. A critical variable for the generation of robust myotube culture was the
relative confluence at the onset of differentiation that it should be approximately 30%. After they
were seeded for about 48 h, iPSCs were induced toward mesodermal commitment in Essential 6
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medium (Life Technologies) and 1% ITS (insulin-transferrin-selenium) supplemented with 10 uM
GSK3 inhibitor CHIR (Sigma-Aldrich). After 2 days, we withdrew CHIR from the culture medium.
The mesodermal induction medium was replaced with fresh expansion medium composed of Essential
6 medium enriched with 1% ITS, 5 mM LiCl, 10 ng bFGF, 10 ng insulin-like growth factor 1 (IGF-1;
Thermo Fisher Scientific) and 50 ug/mL MT-derived EVs. After further 4 days, LiCl was removed
from the medium. During this period, cells underwent enhanced proliferation. Between days 8–10,
cells reached confluence and were expanded using TryplE (Thermo Fisher Scientific) and Collagen
Type I matrix coating (BD Biosciences). The final differentiation and maturation phase into myotubes
took additional 2 weeks: by day 20, muscular progenitors were seeded on Collagen type I dishes; after
cells reached confluence, growth factors and MT-derived EVs were removed from the medium, and
cells were cultured only in Essential 6 medium supplemented with 1% ITS.

2.9. Flow Cytometry and Cell Sorting

Fluorescence-activated cell sorting (FACS) analysis on physical parameters (forward and side
light scatter, FSC and SSC, respectively), was first performed in order to exclude small debris,
while the LIVE/DEAD Fixable Dead Cell Stain (Invitrogen, Carlsbad, CA, USA) allowed for the
discrimination between live and dead cells. Muscle pericytes were labelled with the following
conjugated antibodies: anti-alkaline phosphatase-Cy5 (BD Pharmingen), anti-CD45-FITC/CD14-PE
(BD Biosciences, San Jose, CA, USA), anti-NG2-PE (BD Pharmingen), anti-CD56-APC (NCAM; BD
Biosciences), anti-CD146-Cy5 (MCAM; R&D Systems, Minneapolis, MN, USA), anti-PDGF-R-beta-FITC
(R&D Systems), and anti-CD44-APC (BD Pharmingen). Skin fibroblasts were characterized by staining
with anti-CD90-FITC (BD Pharmingen). iPSC-derived skeletal muscle progenitor cells were stained with
primary antibodies: PAX3 (Thermo Fisher Scientific), MyoD1 (Abcam, Cambridge, UK), PAX7 (DHSB),
MyoG (Clone F5D, eBioscience, San Diego, CA, USA), and myosin heavy chain (Clone MF20; R&D
Systems) (Abcam), followed by staining with the FITC-conjugated secondary antibody (R&D System).
All antibodies were diluted in accordance with the manufacturers’ instructions. Fluorescence intensity
for surface antigens and intracellular cytokines was detected by flow cytometry using a BD FACS
Canto II analyzer. Flow data were analyzed with the FACSDiva 6.1.2 software (Becton Dickinson,
Franklin Lakes, NJ, USA) and the FlowLogic software (Miltenyi Biotec, Bergisch Gladbach, Germany).

The ALP+/CD56− subpopulation was sorted by FACSAria II Cell Sorter (Becton Dickinson) and
subsequently characterized by FACS analysis for the expression of pericyte markers (as listed above)
following 2 passages in vitro.

To detect and analyze surface EVs markers by FACS analysis, we bound them to 4 μm aldehyde
sulphate latex beads (Thermo Fisher Scientific) overnight at 4 ◦C in rotation. EV-coated beads were
then incubated with fluorochrome-conjugated antibodies CD63-APC (eBioscience) and CD81-PE
(Invitrogen), and diluted in accordance with the manufacturers’ instructions. A “beads only” control
sample was used to set gating parameters.

For EV internalization, we labelled the purified vesicles isolated from C2C12 with 5 μg/mL
CellMask Deep Red plasma membrane stain (Molecular Probes, Eugene, OR, USA) and 5 mM CellTrace
Violet (Invitrogen) at 37 ◦C for 30 min. The labeled EVs were washed in PBS and ultra-centrifuged
at 100,000× g at 4 ◦C for 90 min, suspended in differentiating medium and used to treat the cells.
After 48 h, we detected fluorescence on differentiating cells by flow cytometry.

2.10. Gene Expression Analysis

Total RNA was extracted using small RNA miRNeasy Mini Kit (Qiagen, Hilden, Germany). A total
of 1 μg of total RNA was reverse-transcribed to cDNA using SuperScript VILO cDNA synthesis kit (Life
Technologies). qRT-PCR were performed using SYBR Green Master Mix (Applied Biosystems, Foster
City, CA, USA). Each sample was analyzed in triplicate using QuantStudio 6 Flex Real-Time PCR System
Software (Applied Biosystems). The relative gene expression for pluripotency markers was expressed
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relative to a certified Episomal iPSC lineage (EpiPSC, Thermo Fisher Scientific), and normalized to
Glyceraldehyde-3-Phosphate Dehydrogenase (GAPDH) (Table S1).

The expression of the lentiviral vector was assessed by qualitative RT-PCR according to
standard procedure. Amplified products were separated by electrophoresis on a 1% agarose gel.
Primers were designed to identify cMyc (one of the four human transcription factors included in
the polycistronic lentiviral backbone—forward oligonucleotide) and WPRE (woodchuck hepatitis
virus post-transcriptional regulatory element, a lentiviral-specific transgene—reverse oligonucleotide)
(Table S1).

2.11. Immunohistochemistry and Immunocytochemistry

Cells were fixed in 4% paraformaldehyde for 20 min at room temperature, washed twice
in PBS and blocked with 10% donkey serum (Sigma-Aldrich) for 30 min at room temperature.
For intracellular immunostaining, we permeabilized cells for 10 min in 0.1% Triton X-100
(Sigma-Aldrich). Immunofluorescence assays were carried out with the following primary antibodies
as follows: pericytes were stained with anti-PDGFRβ (1:100 Abcam), anti-α-smooth muscle actin
(1:400, SMA; Dako, Santa Clara, CA, USA) and anti-NG2 (1:200, Millipore, Burlington, MA, USA);
fibroblasts were labelled with anti-vimentin (1:50, Sigma-Aldrich); HUVEC were incubated with
anti-von Willebrand factor (1:100, Abcam); iPSC pluripotency was verified by anti-OCT4, anti-SSEA4,
anti-SOX2 and anti-TRA-1-60 (1:100, all from Invitrogen); iPSC-derived MT were identified by
anti-myosin heavy chain (MHC; 1:100; R&D).Incubations with the secondary antibodies (1:100, Jackson
ImmunoResearch Laboratories, West Grove, PA, USA) were performed for 1 hour at 37 ◦C. Cells were
then counterstained using Vectashield Mounting Medium with DAPI (4′,6-diamidino-2-phenylindole).
Fluorescence was detected by microscope (Axio Observer A1, Zeiss, Oberkochen, Germany).

Differentiation evaluation was assessed by immunofluorescence for MHC and fusion index
scoring, defined as the ratio between the number of myosin heavy chain expressing myotubes with
greater than 2 nuclei with respect to the total number of nuclei.

2.12. Western Blotting Analysis

EVs were also characterized by Western blotting for the expression of specific markers. EVs were
lysed in radioimmunoprecipitation assay buffer (RIPA buffer), and supplemented with protease and
phosphatase inhibitor cocktails (Roche Diagnostics GmbH, Mannheim, Germany). Proteins (30 μg)
were separated on the Nupage Novex on 4–12% Bis-Tris Gel (Life Technologies) and transferred
to a Polyvinylidene fluoride (PVDF) membrane Amersham Hybond (GE Healthcare Biosciences,
Piscataway, NJ, USA). Membranes were incubated overnight at 4 ◦C with primary antibodies anti-CD81,
anti-CD63, anti-αHSP70 (ExoAb Antibody Kit, System Biosciences, Palo Alto, CA, USA), anti-TSG-101
(Thermo Fisher Scientific), anti-MyoD1 (Abcam), anti-MHC (R&D) followed by peroxidase-linked
anti-rabbit IgG or anti-mouse IgG secondary antibodies (GE Healthcare Life science) for 1 h at room
temperature. Specific protein bands were detected with Pierce ECL Western Blotting Substrate
(Thermo Fisher Scientific).

2.13. In Vivo Studies

Two-month-old male αSGKO/SCIDbg mice (n = 5) were anesthetized with an intramuscular
injection of physiologic saline (10 mL/kg) containing ketamine (5 mg/mL) and xylazine (1 mg/mL)
and then 5 × 105 PC-derived iPSCs were injected into the Tibialis Anterior muscle (TA), according
to standardized procedures [5]. Mice were sacrificed 20 days after implantation for morphological
analysis. Experiments on animals were conducted according to the rules of good animal experimentation
I.A.C.U.C. no 432 of 12 March 2006 and under Italian Health Ministry approval no. 228/2015-PR. In vivo
experiments were conducted in accordance with the principles of the 3Rs (replacement, reduction
and refinement).
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2.14. Engrafted Human Muscular Cell Identification

Human differentiated iPSCs were identified by immunofluorescence for anti-human lamin A/C
(1:100, SIGMA). Anti-laminin (1:100, SIGMA) was used to identify the fibers. The images were obtained
by confocal laser scanning microscope.

2.15. Statistical Analysis

Statistical significance of the differences between means was assessed by one-way analysis of
variance (ANOVA), followed by the Student-Newman-Keuls test, to determine which groups were
significantly different from the others. When only two groups had to be compared, we used the
unpaired Student’s t-test. p < 0.05 was considered significant. Values are expressed as means ±
standard deviation (SD). All the analyses were performed using Graph-Pad PRISM 7 and 8.

3. Results

3.1. Pericyte and Fibroblast Isolation and Characterization

Pericytes were isolated from three healthy human skeletal muscle biopsies and characterized by
flow cytometry using a specific panel of markers according to previous studies [6]. The harvested
cells highly expressed well-known pericyte markers, such as ALP (alkaline phosphatase), PDGFRβ
(platelet derived growth factor receptor-beta), CD146 (MCAM, melanoma cell adhesion molecule),
NG2 (Neuron/glial antigen 2), and CD44 (HCAM, homing cell adhesion molecule) (Figure 1A) as well
as CD56 (NCAM, neural-cell adhesion molecule), a glycoprotein specifically expressed in muscle by
human satellite cells [6,34].

Skeletal muscle resident PCs, expressing ALP, represent a myogenic cell compartment, distinct from
satellite cells, capable of promoting myofiber regenerating [6]. Therefore, we selected pericytes
with myogenic potential by fluorescence-activated cell sorting (FACS), combining the cell surface
markers ALP and CD56. We enriched the pericyte population selecting the fraction ALP+CD56−,
which represented the 28% of the total population (Figure 1B).

After expansion and before reprogramming, ALP+CD56− subpopulation was analyzed for
the expression of the canonic muscular pericyte markers—almost the totality of the tested cells
expressed ALP, PDGFRβ, CD146, NG2, and CD44, while the expression of CD56 was dramatically
reduced (Figure 1C), suggesting that ALP+CD56− fraction retains pericyte features.

These results are in line with previous studies in which pericyte identification was performed
through the combination of NG2, PDGFβ, and CD146 markers [35,36]. PC phenotype was further
confirmed by the ALP colorimetric assay (Figure 1D) and immunofluorescence positivity for NG2,
PDGFRβ, and αSMA (Figure 1E).

We further examined the myogenic potential of ALP+CD56− cells by measuring myosin heavy
chain (MHC) expression, upon skeletal muscle differentiation, induced by cellular confluence and serum
depletion [37]. After two weeks, ALP+CD56− cells spontaneously differentiated into myosin positive
multinucleated myotubes, as confirmed by the expression of MHC (Figure 1F). These results indicate
that pericytes possess myogenic potential, along with supporting vessel formation and angiogenesis.

PCs are crucial in several phases during angiogenesis and vascular homeostasis, regulating the
germination of the capillaries and the stabilization of the vessels. We therefore evaluated the ability
of ALP+CD56− cells to generate networks and to cooperate with endothelial cells (HUVECs) to form
capillary-like structures. For this purpose, we transduced cells with a lentivirus expressing GFP,
co-cultured with HUVECs (GFP+ ALP+CD56− cells/HUVECs in a 1:4 ratio), and assembled on
Matrigel for 6 h. We found that the ALP+CD56− cells significantly enhanced capillary-like structure
formation of HUVECs. Indeed, PCs co-cultivated with HUVECs displayed higher segment total length,
total mesh area and total branch length compared to HUVECs cultured alone (Figure 1G). These results
demonstrate that pericytes isolated from skeletal muscle maintain their ability to support vessel
formation and myogenic potential after isolation, sorting and expansion procedures.
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Figure 1. Pericyte characterization. (A) Representative histograms indicating the percentage of alkaline
phosphatase (ALP+), platelet derived growth factor receptor-beta (PDGFRβ+), MCAM, melanoma
cell adhesion molecule (CD146+), (αSMA+), Neuron/glial antigen 2 (NG2+), HCAM, homing cell
adhesion molecule (CD44+) and NCAM, neural-cell adhesion molecule (CD56+) positivity (black
peaks) determined by flow cytometry in pre-sorted cells isolated from muscular biopsy (n = 4).
Matched isotypes were used as negative controls (grey peaks). (B) Representative gating strategy
for ALP+ and CD56− cell sorting (n = 3). Cells were first gated for cell size (side light scatter SSC-A
vs. forward light scatter FSC-H) and vitality (Live Qdot-525-A). The muscular cell gate was further
analyzed for singlets (SSC-A vs. SSC-H) and their expression for ALP and CD56. Pericytes, ALP+

and CD56− were then sorted from this gated population. The lower set of four plots confirmed the
efficiency of the sorting. (C) Representative post-sorting histograms for key pericyte markers after
two passages in vitro, indicating an enhanced expression of ALP, NG2, PDGFRβ, CD146, and CD44.
(D) Sorted pericytes stained for ALP showing fibroblast colony-forming units (CFU-F) when seeded
at low confluence. Scale bar represents 300 μm. (E) Immunofluorescence labeling for NG2 (red) and
the co-staining for PDGFRβ (green) and αSMA (magenta) on sorted ALP+CD56− cells. Nuclei were
stained with DAPI. Scale bar represents 50 μm. (F) Representative fluorescence image for myosin
heavy chain (MHC) (red), validating the differentiation of sorted pericytes toward skeletal muscle
phenotype. Scale bar represents 100 μm. (G) Illustrative images of human umbilical vein endothelial
cells (HUVEC) in co-culture with pericytes displaying the formation of capillary-like networks with
HUVEC labeled for von Willebrand factor (vWF; magenta), and GFP+ pericytes. Nuclei were identified
by DAPI (blue). Scale bar represents 100 μm. Tubular structures were photographed at 5×magnification
and quantified by the angiogenesis analyzer ImageJ tool. Total segment length, total mesh area and
total branching length exhibited significant differences between HUVEC alone and in co-culture with
pericytes, as shown in the graphs.
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Epigenetic memory inherited from their original tissue have been demonstrated to influence the
iPSC differentiation potential [29], suggesting that pericyte myogenic and angiogenic potential could
be advantageous in tissue regeneration. Hence, we isolated human adult skin fibroblasts from the same
donor of pericytes in order to compare the capability of iPSCs derived from pericytes (PC-derived iPSCs,
ALP+CD56− subpopulation) and fibroblasts (FB-derived iPSCs) to re-differentiate into muscle cells.
Skin fibroblasts, isolated by enzymatic digestion, were characterized by immunofluorescence (Figure S1)
and FACS analysis (Figure S1) for the expression of vimentin and CD90.

3.2. iPSC Generation and Characterization

We generated human muscular PC-derived iPSCs and skin FB-derived iPSCs from the same donor
(n = 3 donors) using a polycistronic vector harboring the four Yamanaka factors (OCT4, Sox2, Klf4,
cMyc) [33,38]. Colonies were initially expanded on a feeder layer of inactivated mouse embryonic
fibroblasts (iMEF) and then adapted to feeder free conditions replacing iMEF with geltrex matrix
(Figure 2A, left panels). iPSC colonies expressed typical pluripotent markers, including OCT4, SSEA4,
SOX2, and TRA-1-60, as assessed by immunofluorescence staining (Figure 2A, middle and right panels).
These results were confirmed by quantitative real-time PCR (qRT-PCR) for the expression of OCT4,
SOX2, NANOG, LIN28, and TERT genes. Certified Episomal iPSC lineage (EpiPSC, Thermo Fisher
Scientific) was used as control (Figure 2B).

Figure 2. Characterization of human pericyte (PC)- and fibroblast (FB)-derived iPSCs. (A) Morphology of
PC-derived iPSCs (left upper panel) and FB-derived iPSCs (left lower panel) cultured in feeder-free conditions.
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Scale bar represents 100 μm. Immunofluorescence labeling for the expression of the pluripotent
markers SSEA4 (yellow), OCT4 (magenta; middle panels), SOX2 (yellow), and TRA-1-60 (magenta;
right panels) on PC- and FB-derived iPSCs (PC-iPSCs and FB-iPSCs, upper and lower panels
respectively). Nuclei were stained with DAPI. Scale bar represents 100 μm and, for the lower
right image, 200 μm. (B) Quantitative RT-PCR analysis for the expression of the embryonic genes,
OCT4, SOX2, NANOG, LIN28, and TERT—in PC- and FB-derived iPSC lines, derived from three
donors (named FB-/PC-derived iPSCs 1, 2, 3), compared to the certified Episomal iPSC lineage
(EpiPSC), used as control. Results were normalized to GAPDH. (C) Representative fluorescence
images demonstrating multilineage differentiation capacity of PC- and FB-derived iPSCs toward
cardiomyocyte (alpha-sarcomeric actin–α-SA, Nkx2.5), neuronal (Nestin, TUJ1) and endothelial (CD31,
VE-cadherin–VE-cad) lineages. Nuclei were stained with DAPI (blue). Scale bars represent 50 μm
(left and middle panels) and 100 μm (right panels).

Qualitative RT-PCR was conducted to verify the silencing of the exogenous transgenes in PC- and
FB-derived iPSCs (Figure S2).

In addition, both derived iPSC lines retained the ability to differentiate toward multiple lineages,
including cardiomyocytes, neuronal precursors, and endothelial cells (Figure 2C).

3.3. MT-derived EV Characterization

EVs represent an important vector of intercellular communication, acting as vehicles for the
transfer of cytosolic factors, proteins, lipids and RNA [39]. EV cargo is cell-type specific, and the
molecular composition reflects specific functions of the donor cells.

EV secretion and extracellular signaling occurs during muscle differentiation, repair and
regeneration [25,40]. Both myoblasts and myotubes release EVs, but their contribution in muscle
physiology and specific biological functions on recipient cells have not been fully elucidated.

Proteomic analysis of muscle-derived EVs revealed that, in addition to proteins involved in their
biogenesis, EVs also contain functionally relevant proteins such as myogenic growth factors and
contractile proteins [26,40,41].

On the basis of these premises, we have exploited the capacity of EVs, secreted during
myotube formation of skeletal myoblasts (C2C12), to promote the differentiation of iPSCs into
the myogenic lineage.

EVs were purified from conditioned media of C2C12-derived MTs cultured in 2% EV-depleted
horse serum. EV isolation was performed by differential centrifugations according to well-established
protocols [42]. EVs were further analyzed by FACS analysis for the expression of CD81 and CD63.
We found that MT-derived EVs were enriched in membrane-bound tetraspanins CD63 and CD81,
which are common markers for EV subsets released from most cell types (Figure 3A,B). The expression
of CD81 is observed on vesicles of various sizes indicating that multivesicular endosomes in muscle
cells contain intraluminal vesicles of heterogeneous sizes [27,41]. The expression of proteins associated
with EVs, such as tumor susceptibility gene 101 (TSG101), α heat shock 70 kDa protein 4 (HSP70),
CD81 and CD63 was further confirmed by Western blot analysis.
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Figure 3. Extracellular vesicle (EV) characterization and uptake. (A) Sample gating strategy indicating
the percentage of CD63+ and CD81+ in myotube (MT)-derived EVs coated with beads (n = 3). In the
upper plots, singlets and subsequently EVs were selected according to physical parameters (FSC-A
vs. FSC-H and SSC-A vs. FSC-A, respectively) are shown. Fluorescent intensity signal for CD63
and CD81 was detected on gated EVs (SSC-A vs. APC-A and SSC-A vs. PE-A, respectively). Beads
alone were used as control (lower four scatter plots). (B) Representative histograms displaying the
percentage of EV specific markers, such as CD81 and CD63, determined by flow cytometry in purified
MT-derived EVs. Matched isotypes were used as negative controls (grey peaks) (C) Western blot for
specific the expression of EV markers, such as TSG101, CD81, CD63, aHSP70, and skeletal muscle
markers, such as CAV-3, MYOD, MHC, in C2C12-derived myotubes and C2C12 myotube-derived
EV lysates. (D) Size distribution profile of MT-derived EVs (n = 5). (E) Representative histograms,
determined by flow cytometry, displaying the percentage of positive cells (black) after the treatment
with EVs stained for cell trace violet or cell mask deep red. Non-treated cells (light grey peaks) and
cells treated with unstained EVs (dark grey peaks) were used as controls. (F) Green spots indicate
the presence of fluorescent (GFP+) EVs, derived from GFP transduced myotubes, in the cytoplasm
of the recipient differentiating iPSC after 48 h of exposure (upper panels; scale bars represent 20 μm);
GFP+ cells 10 days after GFP+ MT-derived EV exposure (lower panels; scale bars represent 100 μm),
demonstrating that GFP was transferred through the EVs into the recipient cells.

We found that MT-derived EVs exhibited specific membrane proteins associated with mature
muscle tissue, such as caveolin 3 (Cav3), expressed only during the late stage of differentiation,
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and MHC, a differentiated myotubes marker (Figure 3C). Interestingly, MyoD, a transcription factor
implicated in myogenesis, was also detected within the EV cargo.

Finally, the purity, size and concentration of the MT-derived EVs were determined by nanoparticle
tracking analysis (NTA), using instrument-optimized analysis settings in NTA 3.1 build 54 software.
The results showed a mean size distribution, consistent with what is expected from a sample enriched
in microvesicles and exosomes (130.3 ± 0.3 nm), and free from contamination by apoptotic bodies
(>1 μm) (Figure 3D).

3.4. Detection of the MT-derived EV Uptake

To exert their functional influence, EV cargo must be internalized within the cell in adequate
concentrations. As first step, in order to verify if EVs can transfer their contents to differentiating iPSCs,
we performed EV uptake assays. For this experiment, we employed two different methods: FACS
analysis and immunofluorescence microscopy. Upon isolation, MT-derived EVs were marked either
with cell mask deep red or with cell trace violet. As controls we used untreated cells and cells exposed
to unstained EVs. After 48 h, FACS analysis revealed an increased fluorescence of both tracers in
recipient cells, indicating a successful uptake (Figure 3E).

In order to demonstrate the EV cargo delivery, we transduced C2C12 cells with a lentivirus
expressing the GFP protein, and subsequently differentiated into myotubes. The EVs released by GFP+

myotubes were collected and used to treat the differentiating iPSCs. After 48 h, a fluorescent signal
was detected in the cytoplasm of cells undergoing differentiation (Figure 3F, upper panels).

Cells were treated with EVs released by GFP+ myotubes every other day and, after 10 days,
approximately 40% of cells expressed GFP in the cytoplasm (Figure 3F, lower panels) indicating a
high functional cargo delivery to the recipient cells. EVs may enter into a cell via more than one
route, depending on proteins and glycoproteins found on the surface of both the vesicle and the target
cell [43]. The mechanisms responsible for MT-derived EVs delivery have not yet been determined
highlighting the need for further research [44].

Considering these results, we have shown that EVs target iPSCs via delivery of effector molecules
directly affecting their phenotype and functions.

3.5. Myogenic Differentiation by MT-derived EVs

MT-derived EVs express specific cell-adhesion molecules on their surfaces (ITGB1, CD9, CD81,
CD44, Myoferlin) that are involved in the recognition and adhesion during the process of myoblast
fusion [45–47].

Further, MT-derived EVs contain functionally active proteins of the G-protein family, which are
involved in many cellular processes including myogenesis [48].

Wnt signaling and its modulation via GSK3 inhibitors, such as CHIR99021 (CHIR), is essential in
the mesoderm induction and to obtain a reliable, reproducible and efficient myogenic differentiation
protocol [18,19,49].

On the basis of these findings, we developed a method to induce a robust differentiation of iPSC
toward skeletal muscle phenotype combining MT-derived EV cargo and the chemical modulator CHIR
for paraxial mesoderm-like muscle progenitor commitment (Figure 4A).

PC- and FB-derived iPSCs, derived from three donors, were divided in four groups and treated
as follows: (i) group 1, PC-/FB-derived iPSCs cultured in differentiation medium; (ii) group 2,
PC-/FB-derived iPSCs cultured in differentiation medium augmented with EVs; (iii) group 3,
PC-/FB-derived iPSCs cultured in differentiation medium enriched with CHIR; and (iv) group 4,
PC-/FB-derived iPSCs cultured in differentiation medium supplemented with EVs and CHIR.

Cells were treated with 10 uM CHIR for 48 h to induce the expression of paraxial mesoderm genes.
Consistent with other studies [18,19], iPSCs from both sources presented evident morphological changes
losing the typical ES-like morphology after 24 h of treatment (Figure 4B). Following replacement of
CHIR with FGF2, cells underwent proliferation and reached full confluence approximately at day 8–10.
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Figure 4. Myogenic differentiation by MT-derived EVs. (A) Schematic diagram of the myogenic
differentiation procedure: 30% confluent iPSCs were differentiated to early mesoderm using CHIR for
48 h, subsequently proliferation and expansion of muscular progenitors were stimulated utilizing EVs,
FGF2, IGF, and the myotube-like cell maturation was induced, removing growth factors from the culture
medium. (B) Morphological changes of PC-derived iPSC colonies during skeletal muscle differentiation.
Scale bars represent 100 μm. (C) Representative qRT-PCR for the expression of early (Mesogenin,
Pax3, Pax7, MyoD, MyoG) and late (MyH8, MCK, MHC) skeletal muscle genes. The analysis was
performed at different time points (d0, d10, d20, d30) in the following conditions: FB- and PC-derived
iPSCs not treated with EVs or CHIR (FB-iPSCs E6 and PC-iPSCs E6), exposed to CHIR or EVs only
(FB-iPSC EVs, FB-iPSC CHIR, PC-iPSC EVs, PC-iPSC CHIR) and treated with both, EVs and CHIR
(FB-iPSC EVs/CHIR and PC-iPSC EVs/CHIR) (n = 3 donors). Results were normalized to GAPDH.

Following 48 h of treatment, CHIR was removed and, in order to enhance the myogenic
differentiation, the media were enriched with freshly MT-derived EVs (50 μg/mL) and replenished
every 2 days with fresh vesicles until the formation of myoblast-like cells. Between days 15 and

79



Cells 2020, 9, 1527

25 paraxial mesoderm-like muscle progenitors can be either expanded or terminally differentiated
upon withdrawal of all the growth factors from the medium. The outcome of myotube formation
was greater when myoblast-like cells were passaged 2–3 times and consequently exposed longer to
MT-derived EVs.

We have analyzed the expression of genes related to mesoderm induction and myogenic
differentiation at different time points through qRT-PCR experiments (Figure 4C).

In PC- and FB-derived iPSCs treated with the CHIR/EV combination, pre-myogenic mesoderm
genes, such as Mesogenin, Pax3, and Pax7, were upregulated between day 10 and day 20. The myogenic
regulatory factor MyoD and MyoG started to be expressed around day 10 and increased up to day 30.
Finally, the mature myocyte genes, Myh8 (myosin heavy chain 8), MCK (muscle creatine kinase)
and MHC, were detected after day 20 and augmented until the end of the differentiation confirming
the increase in differentiation and maturation of the iPSCs treated with both factors.

Cells cultured in differentiation medium were negative for the expression of myogenic genes,
while iPSCs treated with EVs exhibited only pre-myogenic genes (Pax3 and Pax7), indicating that the
MT-derived EVs are not sufficient, at least within 30 days, to induce myotube differentiation. Lastly,
cells exposed to CHIR presented a myogenic inclination similar, but less efficient, to PC-/FB-derived
iPSCs treated with the CHIR–EVs mishmash.

Our method proved that the combination CHIR-EVs induces a higher differentiation compared to
CHIR treatment (Figure 5A).

To verify whether PC-derived iPSCs, generated from the three donors, possessed a greater
propensity to differentiate into myotubes compared to FB-derived iPSCs, we matched the expression
of Myh8, MCK, and MHC by qRT-PCR analysis at day 30 of differentiation (Figure 5A). The expression
of mature myogenic genes resulted as being higher in differentiated PC-derived iPSCs.

To further determine the role of the EVs/CHIR combination we calculated the fusion index, which
was significantly greater compared to the index obtained with the separate exposure of EVs or CHIR
(Figure 5B). Consistently, also the cell number expressing MHC was also significantly greater in those
generated using the CHIR–EVs cocktail compared to the other treatments (Figure 5C).

The ability of PC-derived iPSCs to generate differentiated cells presenting a characteristic mark of
myogenesis, was further confirmed by FACS analysis. Myogenic regulatory factors, Pax3, Pax7, CD56,
MYOD, MYOG, and MF20, were used to characterize the expression of myogenic proteins (Figure 5D).
At day 30 roughly 80% of the cells were positive for the myocyte mature marker MF20.

Finally, after 25 days of CHIR–EV differentiation, PC-iPSC-derived muscular cells, were implanted
in vivo in a limb girdle muscular dystrophy murine model, namely, SCID-Beige α–Sarcoglycan
null mice (αSGKO/SCIDbg) [5] in order to evaluate their engraftment capabilities. Three different
PC-derived iPSC clones were intramuscularly injected (5 × 105 cells/injection) into the anterior tibialis
(TA) muscle of αSGKO/SCIDbg, showing a sufficient engraftment and integration into regenerating
muscle fibers revealed by the labelling of human derived cells by immunofluorescence against human
specific lamin A/C antibody (Figure 5E).
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Figure 5. iPSC-derived MT characterization. (A) Representative qRT-PCR for the expression of Myh8,
MCK and MHC after 30 days of differentiation. The combination CHIR-EVs induced a greater
differentiation compared to CHIR treatment and PC-derived iPSCs possessed a greater propensity
to differentiate into myotubes compared to FB-derived iPSCs. Results were normalized to GAPDH.
(B) Fusion index was calculated as the percentage of nuclei within myosin heavy chain–positive
myotubes (≥2 nuclei) divided by the total number of nuclei. A minimum of five random fields
at 10X magnification were counted. (C) Immunofluorescence labeling for MHC (green), validating
the differentiation capacity of PC-derived iPSCs toward skeletal muscle phenotype after 30 days of
differentiation. The images represent sequentially: PC-derived iPSCs without treatment, exposed to
EVs alone, to CHIR only and to the EV–CHIR cocktail. CHIR in combination with MT-derived EVs
induced a higher expression of the skeletal marker (n = 3 donors). Nuclei were stained with DAPI.
Scale bar represents 100 μm. (D) Representative histograms indicating the percentage of PAX3, PAX7,
CD56, MYOD, MYOG, and MF20 (black peaks) determined by flow cytometry in PC-iPSC-derived
MTs exposed to CHIR and MT-derived EVs after 30 days of differentiation. Matched isotypes were
used as negative controls (grey peaks) (n = 3 donors). (E) Representative immunofluorescence against
human lamin A/C (magenta) and laminin (yellow) on mouse anterior tibialis (TA) injected with human
PC-derived iPSC exposed to CHIR-EVs (n= 3 donors). Arrows indicate center-nucleated human derived
myofibers, arrowhead labelling integrated human nuclei into mature host muscle fiber. Nuclei were
stained with DAPI. Scale bars represent 25 μm.

4. Discussion

In the last few years, there has been a growing interest in the use of iPSCs as a source of myogenic
progenitors for cell-based treatment in muscle degenerative diseases. iPSCs overcome several of
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the limitations related to the use of adult myoblast therapy, such as, non-invasive biopsy for cell
isolation, unlimited proliferative capacity in vitro, and a tool for the in vitro correction of genetically
mutated somatic cells derived from patients affected by dystrophies [14–16,19,50–52]. Moreover, it
is well known that iPSCs maintain the epigenetic memory of the original cell source, influencing the
re-differentiation toward the same lineage [30,53]. Pericytes resident in adult skeletal muscle have
shown remarkable angiogenic and myogenic differentiation capacities in vitro and in vivo [7]. Hence,
in this study, exploiting the advantage of the “epigenetic retention”, we proposed the isolation of
human derived muscular pericytes to verify whether PC-derived iPSCs are more prone to differentiate
into muscular cells compared to FB-derived iPSCs.

To date, the strategies used for iPSC myogenic differentiation are subdivided into two approaches:
transgenic (by forced expression of Pax7 or MyoD) or non-transgenic (co-culture, EBs, small
molecules) [15,16,51]. The former consists in the differentiation via overexpression of myogenic
transcription factors, obtaining efficient iPSC differentiation into myogenic lineage in a relatively short
amount of time [15,16,51]. However, forced expression of skeletal master genes drastically reduces the
proliferative capacity of skeletal muscle progenitor cells, hindering the molecular mechanisms leading
to myogenic differentiation (important for disease modeling in vitro), as well as their in vitro and
in vivo self-renewal. Another point to be considered is the potential of insertional mutagenesis events
due to the random integration, since these genes are commonly delivered using lentiviral vectors.
Integrated virus genomes are frequently associated with chromosomal damage, rearrangements and
deletions [54], making these approaches not suitable in terms of clinical applications. On the other
hand, the non-transgenic methods use different sequential culture conditions, including cell sorting.
These protocols are successful at producing myogenic progenitors capable of engrafting in vivo but
lack reproducibility, besides being inefficient and time-consuming [55–57].

First-generation of transgene-free protocols employing different sequential culture conditions
were not satisfactory and usually required post-differentiation selection to isolate expandable skeletal
muscle progenitor cells [57]. In addition, in some described methods, iPSCs failed to express mature
myogenic markers or form myotubes in vitro, underlying the poor efficiency of spontaneous myogenic
differentiation method [55,56].

Improvements in muscle differentiation protocols were recently performed by employing a
small molecule, CHIR99021, a GSK-3b inhibitor that activates Wnt signaling cascade, which plays
a crucial role during early somite induction. These approaches have been proven to be efficient
at boosting iPSC towards a myogenic pathway, leading to an ameliorated myotube differentiation
in vitro [19,58,59].

Quite recently, considerable attention has been dedicated to extracellular vesicles (EVs) as
important mediators of cell-to-cell communication. EVs can influence the behavior of recipient cells
and are involved in many processes, including immune signaling, angiogenesis, stress response,
proliferation, and cell differentiation [60–62]. Furthermore, EVs, through their paracrine signaling
can be used in tissue engineering to modulate cell recruitment, differentiation, and proliferation [63].
Skeletal muscle cells secrete a large number of myokines and EVs that influence the growth, function
and development of muscle tissue [26,27,41]. Transcriptome and proteome studies reported that
EVs from C2C12 or human myoblasts are enriched in miRNAs and proteins that are implicated in
myogenesis [22,27,40,41,64]. EVs isolated from differentiated C2C12 cells express specific cell-adhesion
molecules on their surfaces (ITGB1, annexins CD56, CD9, CD81, CD44, Myoferlin), and other
myokines (HGF, IGFI/II, FGF2, PDGF, TGFβ, myostatin) involved in myoblast fusion and muscle
regeneration. [40,41,45,47,65]. In addition, differentially expressed miRNAs also contained in EVs
during C2C12 myotube differentiation, such as miR-1, miR-133a, miR-133b, and miR-206, have been
linked with muscle differentiation [64,66]. Interestingly, the Wnt signaling and Sirt 1 that are involved
in muscle gene expression and differentiation, were predicted as the most significant targeted pathway
by skeletal muscle EVs–miRNAs [64]. In the present study, we found that MT-derived EVs harbored
myogenic factors that are crucial in enhancing the iPSC myogenic commitment. Despite several scientific
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papers reporting transcriptome and proteome profiling of EVs from skeletal muscle, the mechanisms
and the key factors playing a major role in promoting skeletal muscle differentiation remain unclear.
Evidence suggests that instead of single factors, the diverse EVs myogenic factors such as miRNAs
or proteins, synergistically trigger skeletal muscle differentiation in recipient cells [22,26,27,40,41,64].
Further studies are required to define the biological role/function of single myogenic factors in
MT-derived EVs.

Here, we have developed an efficient method for iPSC skeletal muscle differentiation combining
defined factors with myogenic elements carried by EVs. We were able to generate a consistent number
of iPSC-derived positive MHC skeletal muscle cells, evidencing differences in epigenetic signatures
between PC-derived iPSCs and their counterpart FB-derived iPSCs. Indeed, quantitative PCR analyses
performed at different timepoints and at the end of the differentiation, showed that PC-derived
iPSCs are more prone to differentiate in skeletal muscle cells when compared to FB-derived iPSCs.
Importantly, the myoblasts obtained with this approach could be expanded, and cryopreserved at
all steps during expansion, without losing fusion competence. The obtained MT-like cells were
positive for MyoD, MYOG, and MHC, and were able to actively participate in myogenesis in vivo.
Transplanted myogenic progenitors demonstrated their ability to successfully engraft and integrate
into TA muscle of αSGKO/SCIDbg, identified by the detection of centrally located human lamin A/C
positive nuclei, a characteristic perceived only in fusion-competent myoblasts.

In this paper, we explored for the first time EVs as “physiological liposomes” enriched with
myogenic factors that were able to trigger skeletal myogenesis in iPSC, raising exciting possibilities
for therapeutic use. The use of EVs represent novel tools to deliver signaling molecules for treating
muscle-wasting diseases that are better tolerated by the immune system. Additional studies are now
required to investigate the role of EVs’ skeletal muscle content that may allow the development of
better therapeutic approaches to promote skeletal muscle growth, differentiation and regeneration.

Our method may better recapitulate human developmental myogenesis providing inroads for
patient-specific drug testing, disease modeling and regenerative approaches.
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Abstract: Despite a massive body of knowledge which has been produced related to the mechanisms
guiding muscle regeneration, great interest still moves the scientific community toward the study
of different aspects of skeletal muscle homeostasis, plasticity, and regeneration. Indeed, the lack of
effective therapies for several physiopathologic conditions suggests that a comprehensive knowledge
of the different aspects of cellular behavior and molecular pathways, regulating each regenerative
stage, has to be still devised. Hence, it is important to perform even more focused studies, taking the
advantage of robust markers, reliable techniques, and reproducible protocols. Here, we provide an
overview about the general aspects of muscle regeneration and discuss the different approaches to
study the interrelated and time-dependent phases of muscle healing.

Keywords: muscle regeneration; inflammatory response; satellite cells; cell precursors; experimental
methods; stem cell markers; muscle homeostasis

1. Introduction

Muscle regeneration represents an important homeostatic process of adult skeletal muscle,
which retains, after development, the ability to regenerate in response to different injured stimuli,
restoring damaged myofibers [1–3]. This property of the adult muscle tissue has drawn great scientific
attention over time, since the impairment of skeletal muscle regenerative potential characterizes a
suite of physiopathologic conditions severely affecting human health. A significant contribution to
regenerative studies is derived from the development of experimental protocols to induce controlled
muscle damage and from the validation of cellular, molecular, and histological analysis to reveal,
monitor, and characterize each step of tissue repair. Several models of muscle injury have been
developed in rodents; however, the complex dynamic of events following different types of muscle
injury has still to be clarified. Confounding interpretations can derive from the indiscriminate use
of experimental damaging techniques, since an increasing body of evidence suggests that skeletal
muscle can differentially respond to injuries which affect, at various degree, the distinct cellular and
structural components.

In this review, we integrated the principles of the physiologic muscle regeneration with a technical
approach, reporting key experimental methods and markers employed to study cellular and molecular
interactors dominating each stage of muscle healing.

2. From Tissue Destruction to Recovery: Highlighting the Stages of Muscle Regeneration

The dynamic response of skeletal muscle to damaging events can be roughly divided into two main
stages: tissue destruction and the stage of reconstruction. However, a suite of cellular and molecular
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events has been identified in these stages, leading to a more refined classification of the regenerative
process. Indeed, muscle regeneration occurs in five interrelated and time-dependent phases,
namely degeneration-necrosis, inflammation, regeneration, maturation/remodelling, and functional
recovery, reflecting the hierarchy of the overall process dominating the tissue (Figure 1). Although the
kinetics and amplitude of each phase can vary among organisms and may depend on the characteristic
and intensity of the damaging agent, the overall dynamic of the phases of muscle healing is similar in
different mammals (e.g., mouse, rat, and human) and can be monitored at morphologic, molecular,
and functional levels.

2.1. Muscle Degeneration

Muscle necrosis occurs when the integrity of myofibers is severely compromised, and the
irreversible damage generally involves alteration of plasmalemma permeability, associated with the
uncontrolled ionic flux, organelle disfunction, and the loss of a proper architecture. Although necrotic
fibers can be histologically identified as pale and enlarged, reflecting internal abnormalities,
other methods can be used to rigorously evaluate and quantify the degree of muscle damage
upon injury.

Evans Blue Dye (EBD) has been described as a necrosis-avid agent in mammal muscles since
it showed the ability to penetrate only the damaged, necrotic myofibers [4–10]. EBD, also called
T-1824 or Direct Blue 53, is a synthetic bis-azo dye characterized by a high-water solubility, a strong
affinity for serum albumin, and a slow excretion. When injected intravenously or intraperitoneally in
living animals, EBD can bind serum albumin, remaining stable and confined in the blood, and can
be distributed throughout the entire body. However, at the site of the lesion, the dye can permeate
altered cell membranes, accumulating in the cytoplasm of damaged cells [6]. A satisfactory labelling
of permeable myofibers can be obtained in mice with a single intraperitoneal injection of a 1% EBD
solution, injected at 1% volume relative to body mass and administered between 16 and 24 h prior to
tissue sampling [10,11]. Moreover, EBD presents a double advantage for its visualization. It can be
both easily identified macroscopically, by the striking blue color within tissue, or revealed through
fluorescent microscopy in tissue sections or even in a whole muscle [12,13]. Indeed, EBD can emit
a bright red fluorescence (620 nm excitation/680 nm emission) and the amount of biological dye
penetrating in a damaged tissue can be quantified as a total intensity of fluorescence in a tissue
sample by using confocal microscopy [11,14]. Since it is well known that serum proteins can cross into
damaged fibers, sharing the same basic principle of the EBD, the presence of necrotic fibers in skeletal
muscle sections can be histologically highlighted by immunofluorescence analysis for the intracellular
accumulation of albumin or immunoglobulin G (IgG). For instance, in the mouse, IgG uptake has been
recognized as a marker for necrosis in muscle tissue (Figure 1) [5,15].

Markers of tissue damage can be also detected in serum, since skeletal muscle proteins such
as creatine kinase (CK), lactate dehydrogenase (LDH), and troponin, when systemically distributed,
are well-recognized indexes of muscle tissue alterations, the intensity of which can vary under different
physiopathologic conditions (Table 1) [16]. The most commonly used serum marker of myocellular
damage is serum CK, a globular protein catalyzing the exchange of high-energy phosphate bonds
between phosphocreatine and ADP produced during contraction [16,17]. Based on the critical role of
CK in the maintenance of the energy homeostasis of muscle tissue, a specific isoform of the enzyme
CK3 (CK-MM) is highly abundant in myofibers and it is released in the extracellular space when the
sarcolemma loses the physiologic integrity.
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Figure 1. A simplified “wave on wave” model of skeletal muscle healing: The regenerative program
activated by muscle tissue in response to damage can be outlined in five interrelated and time-dependent
waves, namely degeneration, inflammation, regeneration, maturation-remodelling, and functional
recovery, which can be highlighted by using different methodologies. Tissue injury leads to myofiber
degeneration/necrosis. Damage stimuli activate the so-called sterile inflammation, characterized by the
infiltration of different immune cells dominating in succession the lesion. Inflammation triggers also
the regenerative stage, in which satellite cells, along with the support of other stem cells and precursors,
undergo activation, expansion, and differentiation. The maturation of myofibers is accompanied by
the fine remodelling of tissue architecture, with matrix rearrangement and angiogenesis. The last
step of the healing process is characterized by the reconstitution of neuromuscular connections,
necessary to regain tissue functionality. DAMPs: Damage-associated molecular patterns; EBD: Evans
Blue Dye; IgG: Immunoglobulin G; ALB: Albumin; NEU: neutrophils; MAC: macrophages; MPO:
myeloperoxidase; SCs: satellite cells; Activ.SCs: activated SCs; Prolif.SCs: proliferating SCs; Diff.SCs:
differentiating SCs; BrdU: 5-bromo-2′-deoxyuridine; EdU: 5-ethynyl-2′-deoxyuridine; MFs: myogenic
factors; eMyHC: embryonal myosin heavy chain; H&E: Haematoxylin and Eosin; AchR: Acetylcholine
receptor; BTX: Bungarotoxin.
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Table 1. Relevant markers of pivotal cellular and molecular actors in the different stages of
muscle healing.

Stage Markers Recognition References

Degeneration
Serum CK, LDH,

troponin, miR-378a-3p, miR-434-3p Muscle damage [16,18]

Albumin, IgG fiber uptake Myofiber permeability [5,15]

Inflammation

CD11bpos./Ly6Gpos./Ly6Cneg. Neutrophils [19,20]
Ly6Chigh/CCR2pos./CX3CR1low Pro-inflammatory monocytes [21–26]
Ly6Clow/CCR2neg./CX3CR1high Patrolling monocytes

CD11b, Ly6C, F4/80, CD68, CD38,
Gpr18, Fpr2 M1 Macrophages [27–29]

CD206, CD11c, CD163, Arginase1,
Egr2, c-Myc M2 Macrophages

Regeneration

Pax3, Pax7, CD34, NCAM, VCAM-1,
Cav1, Mcad, Syndecan 3-4, Sox8-15,

Integrin α7-β1, CTR, Emerin,
Hey1, Heyl

Quiescent SCs [1,12,30–39]

Pax7high/MyoDlow, DGC, p38γ Proliferating/Self renewing SCs
[1,12,40–43]Pax7low/MyoDhigh, Myf-5, p38α-β Committed SCs

MyoD, Myogenin, Mrf4,
miR206, miR486 Differentiating SCs

CD45neg./CD31neg./ α7
intneg./Scapos./PDGFR αpos. FAPs [1,11,44,45]

Collagen I–III–IV, laminin, fibronectin,
proteoglicans ECM [46–50]

Remodeling,
Maturation and

Functional retrieval
eMyHC Regenerating Myofibers [12]

AchRs/Synaptohysin/
Neurofilament markers NMJs [51]

CK: creatine kinase; LDH: lactate dehydrogenase; IgG: immunoglobulin G; CD: cluster of differentiation; Ly6C, Ly6G:
lymphocyte antigen 6 complex, locus C, locus G; CCR2: C-C chemokine receptor type 2; CX3CR1: C-X3-C Motif
Chemokine Receptor 1; Gpr18: G-protein coupled receptor 18; Fpr2: formyl peptide receptor 2; Egr2: early growth
response protein 2; Pax3, Pax7: paired box transcription factor 3, 7; NCAM: neural cell adhesion molecule;
VCAM: Vascular Cell Adhesion protein; Cav1: caveolin 1; Mcad: M-cadherin; Sox 8, 15: SRY-Box transcription
Factor 8, 15; CTR: calcitonin receptor; SCs: Satellite cells; Hey1, Heyl: hairy/enhancer-of-split related with
YRPW motif proteins; MyoD: myoblast determination protein; DGC: dystrophin-associated glycoprotein complex;
Myf-5: myogenic factor 5; Mrf4: myogenic regulatory factor 4; Int: integrin; Sca: stem cell antigen; PDGFRα: platelet
derived growth factor receptor alpha; FAPs: fibroadipogenic progenitors; eMyHC: embryonal myosin heavy chain;
AchRs: acetylcholine receptors; NMJs: neuromuscular junctions.

Among biochemical markers of muscle damage, the serum levels of muscle-specific or
muscle-enriched microRNAs (miRNAs) has been proposed [18]. Indeed, a number of miRNAs,
including miR-1, miR-133, and miR-206 (myomiRs), have been involved in the regulation of
critical myocellular processes such as satellite cell activity, skeletal muscle growth, adaptation,
and regeneration [42,43,52,53]. Furthermore, in a recent profiling study, performed on notexin-injured
rats, Siracusa and colleagues identified circulating miR-378a-3p and miR-434-3p as reliable biomarkers
of acute muscle damage [18] (Table 1).

2.2. Inflammatory Waves

Tissue necrosis is known to stimulate a host inflammatory response named sterile inflammation
because no exogenous infectious agents participate in the immune process. Necrotic cell death is
mainly characterized by the swelling of organelles, increased cell volume, and the disruption of
the plasma membrane, which leads to the release of the intracellular content. When intracellular
components are dispersed throughout the extracellular space, they can act as signals, which have been
termed as damage-associated molecular patterns (DAMPs), triggering inflammatory reactions [54,55].
Although it has been recognized as a contributor to pathologic changes, inflammation represents
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an important physiologic process playing a critical role in muscle homeostasis and regeneration.
Indeed, the sequential recruitment of specific myeloid cell populations at the site of the lesion is
considered the second of five interrelated phases of muscle regeneration (Figure 1) [12,56–60]. The first
sensor of the innate immunity to be activated early after injury is the complement system, which allows
the immediate immune response against damaged tissue and leads to the infiltration of inflammatory
cells at the site of the lesion [21,61]. Neutrophils, along with mast cells, represent the first inflammatory
myeloid cells that invade the site of muscle injury [21]. In particular, resident mast cell degranulate
in response to muscle injury and release pro-inflammatory factors such as TNF-α (tumor necrosis
factor alpha), IFN-γ (Interferon-γ), and IL-1β (interleukin-1β) [21], which stimulate the recruitment of
peripheral neutrophils to the lesion site [12,62–66]. Furthermore, it has been recently demonstrated
that ADAM8, a member of a disintegrin and metalloprotease (ADAM) family, contributes to the
invasiveness of neutrophils into injured muscle fibers by reducing their adhesiveness to blood vessels
after the infiltration into interstitial tissues [19]. The pro-inflammatory action of neutrophils is necessary
to allow the removal of myofiber debris and to stimulate the homing of other pivotal inflammatory cells,
facilitating the progress of muscle regeneration. The phagocytic activity of neutrophils involves the
release of high concentrations of free radicals and proteases as well as the secretion of pro-inflammatory
cytokines such as IL-1, IL-8, IL-6, and the soluble interleukin-6 receptor alpha (sIL6R). In particular,
sIL6R can stimulate, within 24 h after damage, the homing of other inflammatory cell populations,
namely monocytes and macrophages [21,59,67,68].

Macrophages becomes the predominant inflammatory cell type 2 days after injury,
while neutrophils decline [21,59,67]. Although macrophages are generally recognized as highly
specialized cells with phagocytic activity, responsible for tissue debris removal, this inflammatory
population cannot be unequivocally labelled because of its heterogeneity, which still lack a
comprehensive classification. A differential phagocytic activity has been described in resident
macrophages, with ED1pos. cells highly participating in tissue response to acute damage and
ED2pos./ED3pos. cells showing no phagocytic activity and abundantly present in uninjured muscles [69].
Furthermore, macrophages found at the lesion can also derive from blood monocytes. Circulating
monocytes derive from bone marrow and can be classed into at least two populations, based on the
variable expression levels of specific markers, namely lymphocyte antigen 6 complex locus C (Ly6C)
and chemokine receptors (CCR2 and CX3CR1) (Table 1) [21–23].

It has been proposed that Ly6Chigh monocytes can be recruited to the lesion thanks to the elevated
expression of C-C chemokine receptor type 2 (CCR2) that then differentiate into pro-inflammatory
macrophages M1 [24,26]. In contrast, patrolling Ly6Clow monocytes are characterized by a low
expression of CCR2 and can enter the damaged tissue in a CX3CR1-dependent manner, participating
in tissue repair during the third wave of regenerative inflammation, as M2 pro-regenerative
macrophages [25]. Other studies support the hypothesis that only inflammatory monocytes are
recruited in injured skeletal muscle and then switch to anti-inflammatory subtype to support
myogenesis [67,70]. Thus, the origin, the distinction, and even the existence of M1 and M2 populations
are still controversial. However, it has been widely accepted that a first outbreak of macrophages works
initially to remove the muscle debris and to secrete pro-inflammatory cytokines, while a subsequent
appearance of non-phagocytic macrophages contributes to the shift of the inflammatory response
toward resolutive events.

Thus, the enhanced expression of inflammatory mediators, mainly TNF-α, IL-6, and IL-1β,
can clearly indicate an ongoing inflammatory response; however, these factors can be secreted by a
wealth of cellular agents in a damaged muscle, being unspecific markers of cellular interactors in the
pro-inflammatory stage of muscle regeneration. On the other hand, the detection and identification of
different inflammatory population at the site of the lesion and thus the temporary collocation of the
regenerative event can be obtained through the expression of specific markers.

Histological analysis is frequently performed to reveal the presence of inflammatory cells in
regenerative studies. Immunofluorescence analysis for lymphocyte antigen 6 complex locus G
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(Ly6G) and F4/80 expression in damaged murine muscle sections has been extensively used to detect
neutrophils and macrophages, respectively. Additionally, other histological methods, such as the
cytochemical myeloperoxidase (MPO) staining, can be used to detect the extent of infiltrating myeloid
cells in damaged muscles. Indeed, MPO is a lysosomal enzyme contained in cytoplasmic primary
granules of myeloid cells and can be detected through the oxidation of benzidine or the reaction of
p-phenylenediamine and catechol in the presence of hydrogen peroxide (H2O2). This staining has
been widely used to reveal the presence of neutrophils. However, although MPO mainly characterize
azurophil neutrophilic granules, the assay can detect mammal monocytes without guaranteeing a
fine discrimination of single cell types [71]. Of note, primary granules are absent in lymphocytes;
thus, the MPO biochemical assay can be used as a marker for discerning myeloid from lymphoid cells.

Cytofluorimetric analysis can be useful to evaluate the quality of inflammation and to obtain
an accurate quantification of inflammatory cell populations. Neutrophils have been identified as
CD11bpos./Ly6Gpos./Ly6Cneg., whereas CD11b positive cells expressing Ly6C but not Ly6G have been
identified as monocytes [19,29].

Of note, novel technologies are contributing to expanding the current knowledge about
inflammatory cell function and fate. Intravital microscopy, high specific markers, along with
the generation of novel transgenic animals allowed the visualization of fast-moving cells,
providing promising tools to unravelling inflammatory-associated processes [20,72,73]. In a recent
study, Wang and colleagues [74] marked Ly6Gpos. cells with a photoactivatable green fluorescent protein
(Ly6G-PA-GFP). Using this advanced technique, they combined intravital imaging and photoactivation
methods to demonstrate that murine neutrophils do not die at the site of the lesion as previously
thought [74,75]. Conversely, it has been shown that neutrophils, fulfilling their inflammatory tasks,
are able to perform reverse migration from the local lesion, moving back to circulation and eventually
home back to the bone marrow [20,74].

Macrophages (Mac) are a heterogeneous population of cells and their distinction often require the
setup of a panel of markers, for which the combination specifically identifies a Mac subset. A marker
panel for the detection of macrophages in skeletal muscle can be comprised of Siglec-F, CD11b, Ly6C,
F4/80, and CD206 (Table 1) [28,29]. Other markers are required to detect M1 or M2 macrophages.
For instance, it has been reported that M1 phenotype expresses CD68 whereas M2 macrophages
express CD163. Furthermore, Jablonski and colleagues identified genes common or exclusive to either
subset [27]. They report also a validated M1-exclusive pattern of expression for CD38, G-protein
coupled receptor 18 (Gpr18), and Formyl peptide receptor 2 (Fpr2), whereas Early growth response
protein 2 (Egr2) and c-Myc were recognized as M2 exclusive. Interestingly, they observed that Egr2,
rather than the canonical M2 macrophage marker Arginase-1, labelled preferentially M2 macrophages
(~70%), indicating that the unambiguous identification of macrophages still deserves further research.
Of note, Insulin-like growth factor 1 (IGF-1) is a potent enhancer of tissue regeneration hastening
the resolution of the inflammatory phase. It has been demonstrated that local macrophage-derived
IGF-1 represents a key factor in inflammation resolution and macrophage polarization during muscle
regeneration [76].

2.3. Regeneration

2.3.1. The Role of Satellite Cells

The reconstruction of injured muscle relies on the muscle stem cells, known as satellite cells (SCs),
which reside between the basal lamina and sarcolemma of myofibers and are mitotically quiescent
until required for growth or repair [77].

Although satellite cells can be easily recognized in healthy skeletal muscle tissue, in
light of their sublaminar position, a wealth of markers has been identified to characterize the
biology of these myogenic progenitors and to study their behavior during regenerative events.
Quiescent satellite cells are characterized by the expression of Paired box transcription factors (Pax3
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and Pax7), Neural cell adhesion molecule (NCAM), M-cadherin (Mcad), Forkhead box protein K
(FoxK), tyrosine-protein kinase Met (c-Met), Vascular Cell Adhesion protein 1 (VCAM-1), CD34,
Syndecan 3 and 4, Sox 8, Sox 15, Integrins (α7 and β1), Caveolin-1, Calcitonin receptor (CTR),
Lamin A/C, Emerin, and hairy/enhancer-of-split related with YRPW motif proteins Hey1 and Heyl
(Table 1) [1,12,30–39,41]. However, the transition of SCs from the quiescent state toward activation,
commitment, and differentiation involves the genetic and epigenetic adaptation to novel biologic
functions, entailing dynamic changes in the protein expression profile. Indeed, activated SCs retain the
expression of Pax7, Mcad, VCAM1, Caveolin 1, and Integrin α7 along with the induction of proliferative
and myogenic markers such as desmin, Myogenic factor 5 (Myf-5), and Myoblast determination protein
(MyoD) [78–80].

Proliferating satellite cells can be also effectively identified by using non cell-specific markers
of proliferation such as the Ki-67 and Proliferating cell nuclear antigen (PCNA). Ki-67 protein has
been detected during all active phases of the cell cycle, namely G(1), S, G(2), and mitosis, but not in
resting cells (G(0)), making its expression an excellent marker for determining the cycling fraction
of a cell population [81]. Other cell proliferation assays involved the use of the thymidine analog
5-bromo-2′-deoxyuridine (BrdU) or 5-ethynyl-2′-deoxyuridine (EdU) and are based on the de novo
synthesis of DNA occurring during cell duplication, which will be labelled by the incorporated
nucleosides [82].

It is worth to report that the proliferation of satellite cells has a dual role: the generation
of committed cells participating in regenerative processes and the replenishment of the stem
cell pool after the exploitation. To achieve this activity, SCs are able to both symmetrically and
asymmetrically divide. The symmetric division gives rise to an identical progeny with stem cell
properties. Otherwise, through the asymmetric process, a single SC can generate a self-renewing
daughter cell, retaining the expression of Pax7 and repressing MyoD (Pax7high/MyoDlow) and a
committed cell which downmodulates Pax7 and expresses MyoD (Pax7low/MyoDhigh). When the fine
balance between self-renewal and commitment is altered, muscle homeostasis is impaired, leading to
failure of the regenerative process and/or to the exhaustion of the stem cell pool. These conditions
have been observed in Pax7CreER/+:p38γfl/fl mice and in dystrophin-deficient mice, respectively lacking
p38γ and dystrophin expression [40]. This is because both dystrophin, as a pivotal member of the
dystrophin-associated glycoprotein complex (DGC), and the γ isoform of the p38 MAP kinases are
determinants which regulate SC asymmetric division, through the polarized restriction of factors
involved in the cell fate decision. Indeed, it has been described that, during the asymmetric division,
the apical daughter cell, retaining the expression of the DGC and presenting the phosphorylated
p38γ isoform, sequestrates in the cytoplasm molecular mediators of the progression of the myogenic
program, undergoing self-renewing. In contrast, other members of the p38 family, such as the α and β

isoforms, participate to the commitment and differentiation of satellite cells [40].
The specificity of surface antigens can be used to quantify and isolate satellite cells by Fluorescence

Activated Cell Sorting (FACS analysis). This method that has been described as robust and reliable
for the isolation of SCs has been widely used, and different panels of antigen detection have been
reported [11,32]. Among them, two panels for mouse skeletal muscle analysis, designed to exclude
hematopoietic and stromal cells (CD45, CD11b, Ter119, CD31, and Sca-1) and to recognize surface
markers present on satellite cells (β1-integrin/CXCR4, α7-integrin/CD34, and VCAM1) have been
recently reported and validated [32]. Since it has been well established that satellite cells represent
about 2–5% of the total nuclei in skeletal muscle tissue, an accurate evaluation of the muscle stem cell
pool can provide indications about the physiopathologic state of the muscle. An abnormal number of
SCs can be considered an index of ongoing regenerative events.

Besides the specific analysis of satellite cell activity and fate, overall signs of muscle regeneration
can be histologically highlighted by the presence of central nuclei and cytoplasm basophilia.
Both characteristics are easily evaluable through Hematoxylin and Eosin (H&E) staining, a standard
staining for microscope examination of tissues (Figure 2) [74]. Hematoxylin presents a deep blue-purple
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color and stains nucleic acids, whereas eosin is pink and stains proteins. Although unspecific,
this common staining can allow the visualization of both central nuclei and basophilic small fibers,
readily identifying regenerating myofibers [83].

Figure 2. Skeletal muscle regeneration upon acute injury: The upper panel shows a schematic
representation of relevant biological responses activated in muscle tissue following damage. Lower panel
reports haematoxylin and eosin images of muscle sections, representative of each step of muscle
degeneration and regeneration after cardiotoxin (CTX) injection. Early, after the injection (1 day),
necrotic myofibers are evident in damaged muscle. During the second day after damage, the lesion
is dominated by inflammatory infiltrated cells. Activated satellite cells undergo active proliferation,
and newly regenerating fibers appears within the first week. Ten days after injection, the overall tissue
architecture is restored and most of myofibers display centrally located nuclei. Regenerated myofibers
then undergo progressive growth and maturation, highlighted by the increasing cross-sectional area
and the nuclear relocation towards the periphery.

The downmodulation of proliferative genes ratifies the exit of satellite cells from the cell cycle.
Committed and differentiating cells, based on the expression levels of Pax7 and MyoD, have been
recognized as Pax7low/MyoDhigh and are characterized by the activation of late markers of the myogenic
program, such as myogenin and the myogenic regulatory factor 4 (Mrf4).

The committed population of myoblasts can either fuse with existing myofibers, repair damaged
muscle fibers, or alternatively fuse to each other to form new myofibers. This is a complex mechanism not
yet fully elucidated which involves tightly regulated events of cell migration, recognition, and adhesion,
resulting in an efficacious fusion process [84,85]. In addition to the recognized role of transforming
growth factor beta (TGFβ) and IL-4 in myoblast fusion, a crucial role in muscle differentiation is
also played by actin cytoskeleton and by components of the contractile apparatus [84–88]. Of note,
regenerating myofibers can be also identified by the immunohistochemical detection of the embryonal
myosin heavy chain (eMyHC) (Table 1). Indeed, it is well known that the embryonal isoform of the
cytoskeletal protein, expressed during muscle development, can be transiently re-expressed in adult
muscle upon injury. Newly formed myofibers express eMyHC within 2–3 days after damage and the
embryonic protein can be detected for 2–3 weeks, being a robust marker of muscle regeneration [89].
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The mature phenotype, which is successively finalized during the regenerative phase of maturation,
can be then highlighted by the presence of markers including adult myosin heavy chain (MyHC)
isoforms, conferring various contractile and metabolic properties to myofibers, enolase 3 (ENO3),
and the muscle creatine kinase (MCK), pivotal components of terminally differentiated fibers [1,84,87].

2.3.2. The Role of “Non-Muscle” Stem Cells in Muscle Regeneration

It has been suggested that other stem cells and precursors, other than satellite cells, such as
endothelial-associated cells [90], interstitial cells [91,92], bone marrow-derived side population [93,94],
and fibroadipogenic progenitors (FAPs), can participate in muscle regeneration exerting a supportive
role for SC activity [95]. These stem cell populations could either reside within muscle or be
recruited via the circulation in response to homing signals emanating from the injured skeletal
muscle. Among them FAPs, recognized as CD45neg./CD31neg./α7-integrinneg. interstitial cells highly
expressing Sca-1 expression [44] and PDGF receptor alpha (PDGF-R-alpha) [45], excited great interest,
being involved in muscle regeneration and degeneration. Indeed, these mesenchymal progenitors are
known to persist in an undifferentiated state in resting muscles, while under physiologic regenerative
stimuli, FAPs undergo a transient expansion and produces paracrine factors promoting satellite
cell-mediated regeneration [96]. A suite of recent findings clearly indicated that the cooperative
activity of FAPs is required for muscle homeostasis and regeneration [97–99]. It has been reported
that the inducible depletion of FAPs as well as the pharmacologic inhibition of their expansion in
murine muscles resulted in a significative impairment of the healing process, affecting regenerative
fibrogenesis and SC activity [97,98]. However, the physiologic action of FAPs is transient and finely
regulated. These observations suggest that a qualitative microenvironment, generated by the balanced
action of cellular and molecular players, is necessary to instruct stem cells to efficiently regenerate the
injured tissue.

2.4. Tissue Remodelling and Maturation

In order to rebuild a functional muscle tissue, satellite cells and differentiating myoblasts
need the structural and functional support of other cellular and molecular components. From a
myogenic-centric point of view, an efficient muscle regeneration can be ratified by the formation and
maturation of novel myofibers and/or the complete repair of damaged ones. This mark can be easily
highlighted by the peripheralization of nuclei in mature myofibers (Figure 2). However, skeletal
muscle is a multifaceted tissue with a complex cellular and molecular architecture, necessary for its
functionality. Indeed, a complete muscle retrieval after injury requires the proper reconstitution of all
the inner workings of the muscular machinery, namely extracellular matrix, vessels, and re-innervation.
It is worth remembering that, during the degenerative and inflammatory phases following muscle
injury, extracellular matrix (ECM), vascular network, and innervation undergo extensive degradation.
The traumatic event, per se, can alter the ECM structure also damaging vasculature and nerves.
Furthermore, several cell actors of muscle healing, including inflammatory cells and stem cells,
can degrade matricellular proteins by secreting degrading agents such as metalloproteinases and
elastase [100–102]. Since ECM is known to function as a scaffold to guide the formation of novel
myofibers and neuromuscular junctions, the active deposition of matricellular components closely
accompany muscle healing, and the remodelling of connective tissue, along with angiogenesis,
defines the fourth stage of the regenerative process (Figure 1) [12,103,104]. The process starts with
matrix deposition within a week post-injury, primarily due to the activity of fibroblasts in response
to locally produced mediators such as TGF-β1 [105]. Although the fibrosis formation in case of
self-healing injuries represents a beneficial response leading often to the efficient retrieval of muscle
architecture, the overproduction of collagens within the injured area can lead to heavy scarring and the
loss of muscular function.

The ECM is composed of specialized layers characterized by a variable composition of proteins,
proteoglycans, and glycoproteins playing an integral role in structural support, force transmission,
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and regulation of the stem cell niche [46,106]. Thus, different collagen types can be labelled to
evaluate the matrix composition and can be used as markers of connective tissue deposition. Indeed,
although collagen I is the predominant type in the perimysium, the basement membrane is mainly
comprised of laminin and collagen IV [47,48], whereas collagen I, III, and VI along with fibronectin in
a proteoglycan-rich gel constitute the reticular lamina below the basement membrane (Table 1) [46–50].
The use of quantitative and qualitative high-magnification electron microscopy allowed the detailed
description of the structure and composition of wild-type and fibrotic ECM. In particular, Gillies and
colleagues not only clarified that collagen in the ECM is organized into large bundles of fibrils or
cables but also reported that the number of the collagen cables were increased in fibrotic muscles [107].
Interestingly, since the increased number of cables but not the size was associated with an enhanced
muscle stiffness, they suggested that alterations in fibrotic muscles can be related to the deregulated
organization of ECM components and not only to the altered collagen content [107]. Despite the
valuable and accurate results that can be obtained by using specific markers or imaging modalities,
the restoration of the matrix or the excessive deposition of connective tissue can be revealed through a
suite of standard histological techniques.

Trichrome staining has been frequently used to efficiently visualize connective tissue in muscle
sections. The staining procedure is based on the combination of different dyes in a sequential manner.
Acid fuchsin dye is used to stain muscle tissue, and although the dye can indiscriminately stain
collagen, it can be removed from connective tissue by a polyacid of large molecular size such as
phosphomolybdic acid. In addition, aniline blue can be used to stain collagens. Thus, in a standard
Masson’s Trichrome staining of muscle tissue, collagen appears blue, muscle tissue is stained red,
and nuclei are stained dark brown thanks to the employment of the decolorization-resistant Weigert’s
hematoxylin [108].

Another sensitive method to perform qualitative and quantitative analysis of collagen network is
Picrosirius red (F3BA) staining, developed by Junqueira and colleagues at the end of the 1970s [109].
The staining is based on the anionic properties of F3BA structure, which comprise sulfonate groups
able to bind cationic collagen fibers, enhancing their natural birefringence under cross-polarized
light [109–111]. Thus, under polarized light, collagen bundles stand out from the background
appearing as green, red, or yellow. In particular, yellow-red birefringence has been associated with
collagen type I bundles, whereas collagen type III has shown a weak birefringence and a green
color [109–111]. Although the specificity of Picrosirius red for collagen types is controversial, this
staining procedure is still considered one of the most powerful method to study and quantify collagen
network [111,112].

2.5. Re-Innervation and Functional Recovery

The healing process is completed when regenerated myofibers rescue their functional performance
and contractile apparatus (Figure 1). Thus, the regeneration of damaged muscles is only beneficial if
the regenerated muscles become effectively innervated. Of note, this final stage of muscle regeneration
must be also finely regulated. Interestingly, it has been demonstrated that, in addition to their
specific role in the formation and/or repair of injured myofibers, satellite cells play a critical role in
controlling myofiber innervation by upregulating the chemorepulsive semaphorin 3A expression [113].
Indeed, semaphorin 3A would prevent neuritogenesis when the regeneration of myofibers has not yet
completed [113].

The first sign of a functional retrieval is the appearance of newly formed neuromuscular junctions
(NMJs) between the surviving axons and the regenerated muscle fibers. The muscular terminal of NMJs
can be visualized by labelling nicotinic acetylcholine receptor (nAChR) clusters on myofibers by using
modified neurotoxins as probes (Table 1). In particular, α-Bungarotoxin (BTX), deriving from the venom
of the banded krait, Bungarus multicinctus, showed the ability to bind the nAChR at the acetylcholine
binding sites. Since the binding event occurs with high affinity and in a relatively irreversible manner,
fluorescent α-bungarotoxin conjugates are valuable tools to localize and morphometrically analyze
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NMJs [51]. Furthermore, α-BTX staining can be combined with immunolabeling of presynaptic
vesicle proteins such as synaptophysin and syntaxin. Indeed, the exact overlay of BTX-derived
fluorescence with the signal derived from the staining of presynaptic proteins can be considered an
index of NMJ innervation [51,114]. Furthermore, it has been reported that the NMJ functionality
can be indirectly evaluated through dual ex vivo electrical stimulation. In particular, we recently
described an experimental protocol combining the direct electrical stimulation of muscle membrane
and the stimulation through the nerve. Although the technique cannot be used to reveal morphological
changes or biochemical changes in NMJs, the comparison of the muscle response to the two different
stimulations can provide sensible indications about alterations in the NMJ functionality [115].

Electrical stimulations can be applied to freshly isolated muscles to evaluate the isometric
contractile properties of the regenerated tissue [11,115–117]. Indeed, the recovery of the physiologic
force-generating capability represents the most robust indicator of the effective muscle recovery
after damage.

3. The Dynamic and the Regulation of Regenerative Phases are Altered in Pathologic Conditions:
The Case of Muscular Dystrophy

The physiologic sequence of reparative phases, upon muscle injury, generally leads to the
complete rescue of tissue morpho-functional properties. Unfortunately, the endogenous regenerative
potential of skeletal muscle is not always sufficient to guarantee tissue restoration and/or maintenance.
Pathologic conditions, including muscular dystrophies, are known to raise alterations in the dynamic
and efficiency of regenerative steps. For this reason, complementary to physiologic regeneration,
valuable information to clarify regenerative mechanisms can derive from models in which tissue
healing is compromised because of cell-intrinsic and extrinsic defects. A well-characterized model
of muscle wasting and regenerative impairment is the dystrophic mdx mouse, a classical model of
Duchenne Muscular Dystrophy (DMD) pathology [118]. DMD is a degenerative disease in which the
absence of the dystrophin protein leads to sarcolemma instability and fragility. The genetic defect
is associated with the extensive damage of myofibers upon contraction which cannot be rescued by
newly regenerated myotubes, being itself dystrophin deficient. This means that the degenerative
stage of muscle healing, which is generally restricted to the first day after injury in wild-type mouse
models, persists in dystrophic muscles throughout the necrotic stage of the pathology (mainly from
3 to 6 weeks of age) [119]. In this stage, EBD-injected mdx mice show high muscle permeability and
dye uptake within damaged myofibers [11,120,121]. This is also associated with a sensible increase
of serum CK and circulating myomiRs, further confirming the intense muscle damage in dystrophic
muscle [11,120,122–128].

The continuous degeneration of dystrophin-deficient fibers represents a persistent stimulus to both
inflammation and regeneration, thus inducing the alteration of the dynamic of both the inflammatory
and regenerative stages. Indeed, it has been extensively described that dystrophic muscles are
chronically dominated by inflammation, which can induce muscle fiber death through NO-mediated
and perforin-dependent/independent mechanisms, respectively [68,119,129,130]. In accordance,
Wehling and colleagues observed an improved membrane integrity upon antibody depletion of
macrophages [131]. On the other hand, it has been recently reported that the local and transient
depletion of macrophages in dystrophic muscle affected the balance between SC proliferation and
differentiation, associated with defects in the formation of mature myofibers, inducing an exacerbation
of the dystrophic phenotype [132]. Conflicting results can be associated with the technical approaches
used in the studies, with reference to the persistence of the depletion and the stage of pathology in
which the intervention acted. Indeed, Wehling and colleagues treated mdx mice with an anti-F4/80
antibody beginning at 1 week of age and continuing to 4 weeks of age, whereas Madaro and coworkers
acted during the regenerative stage of the disease, that peaks between 9 to 12 weeks of age in mdx
mice [131–133]. These observations, conflicting at first glance, provided intriguing insights about the
complex impact of inflammatory events on the different stages of muscle regeneration. Thus, a better
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understanding of the inflammatory process in the dystrophic muscle and of the mediators involved
might open novel therapeutic perspectives.

Inflammatory cells are responsible for the secretion not only of trophic factors but also of elevated
levels of inflammatory mediators, influencing SC behavior. Among them, the enhanced expression of
IL-6 is thought be involved in the alteration of the muscle stem cell pool by promoting the proliferation
of SCs and the impairment of myoblast differentiation [11,134,135]. Interestingly, blockade of IL6
activity, using a neutralizing antibody against the IL6 receptor, conferred robustness to dystrophic
muscle, impeded the activation of a chronic inflammatory response, significantly reduced necrosis,
and activated the circuitry of muscle differentiation and maturation. This resulted in a functional
homeostatic maintenance of dystrophic muscle. [121,136].

It is also worth to report that, in addition to maladaptive environmental signals, the altered
SC behavior can be intrinsically dictated by the absence of dystrophin protein, since a defective
compartmentalization of factors during asymmetric division in dystrophin deficient SCs can alter the
daughter cell fate [40].

In addition, the delicate interaction between FAPs and SCs is altered in dystrophic muscles.
FAPs desist from their supportive role and turn into fibro-adipocytes, which mediate fat deposition
and fibrosis, contributing to the exacerbation of the dystrophic hostile microenvironment [44].

A recent study also uncovers the Wingless-related integration site (WNT)/GSK3/β-catenin axis as
a new and previously unexplored pathway contributing to control FAP adipogenesis and muscle fatty
degeneration, thus contributing to develop strategy to counteract intramuscular fat infiltrations in
myopathies [137].

The persistence of degeneration, chronic inflammation, and defective myogenesis contribute to
the alteration of the final phases of muscle healing in dystrophic muscles, resulting in the continuous
attempt of defective regeneration. Altogether, these alterations lead to the progressive exhaustion of the
SC pool, to accumulation of fatty/fibrotic tissue, and thus to the loss of muscle mass and functionality.

4. Technical Approaches to Induce Experimental Muscle Damage and Regeneration

The adaptative response of skeletal muscle to damage can differ in relation with the type of insult,
and this is exactly coherent with the elevated plasticity of skeletal muscle tissue. Indeed, although the
phases of muscle regeneration are closely interrelated and their time-dependent sequence is highly
conserved in different vertebrates, the kinetic and amplitude of these procedural steps can vary
depending on the organism or the extent/quality of damaging events. Indeed, a traumatic event can
lead to the lesion of a single myofiber or of a localized segment of a fascicle. Furthermore, an insult
can induce the degeneration of an entire fiber or can pertain to a number of myofibers dispersed
throughout uninjured tissue [138,139]. Furthermore, an increasing body of evidence suggests that the
events starting early after the injury profoundly influence the dynamic of tissue regeneration, affecting
at various degree the different muscle components [140]. These heterogeneous events can contribute
to the occurrence of doubts and difficulties in the field of clinical and experimental pathology [138].
Thus, a comprehensive understanding of the mechanisms underlining skeletal muscle adaptation to
different insults can contribute to extending the current knowledge about muscle physiology and can
allow the development of specific pro-regenerative therapies. To this aim, animal models of muscle
injury represent a valuable and powerful tool to monitor and study muscle response to damage.

4.1. Models of Physical Injury

Murine models of acute muscle injury have been extensively studied to investigate molecular
mechanisms underlining regenerative events characterizing each phase of muscle regeneration.
Since the induction of an injurious assault is a prerequisite for muscle regeneration, with the necrotic
phase being the first step of muscle restoration, the choice of a proper model of injury is critical
for a correct interpretation of data and for the dissection of molecular mechanisms taking place in
damaged muscles. A wealth of experimental procedures, adopted to induce muscle damage, have been
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developed and described over time, and qualitative/quantitative differences in the tissue response have
been reported. Among them, the most commonly used methods are physical and chemical procedures.
Most of the protocols of physical injury, which include freeze injury and crush models, are highly
invasive and present technical complexities.

4.1.1. Freeze Injury

The freeze injury (FI) method mainly consists of a skin incision to expose the target muscle,
and a single or repetitive action of freeze-thawing by applying for a prefixed time (10–15 s) a liquid
nitrogen or dry ice cooled metallic rod [140–142]. Using this protocol, the operator can induce a diffuse
necrosis in the treated muscle but the extent of muscle damage can vary not only depending on the
number of freezing cycles but also with the pressure applied to the tissue with the cooled probe.
The operator-dependent variability can limit the reproducibility of the data and the homogeneous use
of the protocol in different laboratories. However, Hardy and colleagues, in a comparative study of
muscle damage and repair, highlighted how the freeze-injury method induced a severe necrosis at the
site of the lesion, destroying muscle cell components such as myofibers and satellite cells, along with
basal lamina and vascular bed [140]. This can allow the study of the dynamics of infiltrating cells.
Indeed, the region of damage, the so-called “dead zone”, is well marked by the absence of viable
cells, and the activation of regenerative events particularly requires the migration inside the lesion not
only of inflammatory cells and non-myogenic supportive cells but also of myogenic progenitors [142].
Thus, viable cells infiltrating the lesion are easily identifiable since they appeared as directionally
displaced from the spared tissue into the dead zone, allowing the dissection of regenerative events.
In particular, the first invading population 18 h after FI is comprised of neutrophils and their presence
is accompanied by an early increase of monocyte chemoattractant protein 1 (MCP-1) IL-6. The peak
of expression of MCP-1 and IL-6 forewarns the second wave of cellular infiltration, characterized by
F4/80pos. macrophages and myogenic cells, since both macrophages and muscle precursor cells express
the CCR2 and are thus responsive to MCP-1 [141]. IL-6 is a pro-inflammatory cytokine with important
regulatory actions on muscle stem cell functions; thus, the heightened expression of this pleiotropic
factor can participate in both inflammatory and regenerative processes. This is consistent with the
observation of a regenerative front of myoblasts at the periphery of the death zone at a few days after
the neutrophilic peak since neutrophils are also a pivotal source of the soluble isoform of the IL-6
receptor alpha (IL6R) necessary to amplify IL-6 signal transduction [1,120,140,143]. Of note, the levels
and activity of IL-6 must be finely tuned, since circulating levels of the proinflammatory cytokine IL-6
can also perturb the physiologic redox balance in skeletal muscle and can contribute to exacerbating
muscle disease [143,144].

It is worth to report that the extent of tissue damage in FI model is highly elevated, and this event
can profoundly affect the behavior of satellite cells from early after trauma. Indeed, it has been reported
that there is a dramatic delay of satellite cells early after freeze injury (18 h), which has been quantified
as about 90% of devoid cells compared to uninjured muscles. The regeneration of the damaged site
is largely accomplished by progenitors deriving from outside the lesion; thus, the proliferation of
SCs occurs days after damage and cycling SCs have been reported until one month after FI [140–142].
Although the histological retrieval of muscle architecture appeared complete one month after damage,
the total number of SCs in FI mice returned to control levels three months after freezing.

The features of skeletal muscle response to FI were useful to study cellular actors of muscle
regeneration and to clarify the involvement of the different cell populations. For instance, in 1986,
Shultz and colleagues used the FI technique on the entire extensor digitorum longus (EDL) muscle to
verify whether myogenic cells could migrate from adjacent muscles or could be delivered through the
bloodstream [145]. Their results highlighted how muscle regeneration mainly depends on the activity
of the local population of satellite cells [145]. Although extrinsic myogenic cells, such as migrating
myoblasts and CD133pos. mononucleated cells identified in adult peripheral blood, can potentially
reach the lesion, they would not be sufficient to regenerate the entire muscle [145,146].
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4.1.2. Crush Injury and Ischemia-Reperfusion Damage

A muscle-crush injury occurs when high pressure is applied to skeletal muscle, which undergoes
blood flow interruption, inducing the damage of myofibers. The combination of mechanical force and
ischemia is known to cause an acute rhabdomyonecrosis since the profound alteration of the pressure
balance can impair the volume regulation of myocytes, along with their permeability, leading to cell
swelling [147].

Several experimental procedures have been developed over time to induce muscle-crush injury
in rodents as a model of common trauma in humans and to study acute muscle inflammation and
regeneration [148–153]. Among them, one of the most used is the opened model in which the muscle
of the animal, generally the pelvic limb muscle, is surgically exposed and a force is applied by using
a clamp.

Considering the invasiveness of the methodology and the needs of technical skills to perform
the experiments guaranteeing the reproducibility of the data, closed noninvasive protocols have been
tested. However, most of them involved dropping of weights upon the interested muscle region
and such procedures can result in unwanted bone fractures. The fine-tuning of the procedure is still
ongoing in order to minimize additional tissue damage induced by surgical interventions in opened
models and to reduce the incidence of fractures due to dropping weights in closed models. For instance,
Dobek and colleagues [148] proposed a sustained-force model of lower-extremity crush injury able to
induce an acute inflammatory response, thereby reducing the extent of bone fractures. The proposed
method, which has been described as a refinement of previous models, involved the use of a crush
injury device platform. An air compressor activated a piston, situated in direct contact with the area
to be injured, providing a contained force to the selected muscle. They reported that, although the
force imposed was smaller than that applied in other studies (about 30 N in comparison with about
250 N), it was sufficient to induce muscle damage and the expected acute inflammatory response.
Accordingly, it has been reported that a violent crush can destroy muscle tissue; however, even when
the force is insufficient to directly wreck myofibers, the combination of mechanical force and ischemia
will rapidly induce tissue degeneration [147]. Indeed, as a physiologic response to tissue injury, it has
been reported that neutrophils, identified as 1A8, 7/4, and granulocyte antigen 1 (Gr1)-positive cells,
rapidly invade the crushed muscle at the site of the lesion and then decreased from 24 to 48 h after
injury [148]. CD68pos. and F4/80pos. macrophages followed the neutrophilic invasion increasing from
24 to 48 h after injury. However, it is plausible that the controlled force applied to the muscle would
induce a mild tissue degeneration, useful to study the kinetic of inflammatory cell infiltration but
probably with limitations regarding the study of regenerative events under critical conditions.

On the other hand, Criswell and colleagues [154] proposed and described a procedure of
muscle crush in rats, which was able to induce tissue degeneration and to mimic the compartment
syndrome (CS), a severe consequence of intense crush injuries frequently occurring in humans.
Of note, the compartment syndrome occurs when the pressure within muscle fascicles dramatically
increase due to posttraumatic ischemic swelling. This results in both ischemic and reperfusion insults,
destroying the vasculature and the neural network and inducing the extensive necrosis of muscle
tissue. In this protocol, a controlled compression of the rat hindlimb, proximal to the EDL muscle,
has been cleverly obtained by using a neonatal blood pressure cuff in order to constantly maintain the
pressure in a range of 120–140 mmHg for 3 h [154]. The persistent compression resulted in a composite
injury of the muscular, vascular, and neural compartments. Tissue edema and disorganization were
early observed 24 h after injury, and within the first 4 days, 50% of the muscle fibres underwent
degeneration. Immune cell infiltration, as described in other models, occurred within 2 days after
damage and persisted throughout the first week, with a peak at day four [154–156]. Following the acute
inflammatory response, fibroblast and myofibroblast growth resulted in enhanced collagen deposition,
also supporting the formation of newly regenerating fibers. Indeed, although early markers of satellite
cell activation such as Pax7 and MyoD were observed early after damage (2 days), regenerating
myofibers were detected 7 days after injury in correspondence with the phase of collagen deposition
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(Figure 1) [154]. The extensive damage induced by muscle compression was also highlighted by signs
of denervation, such as the dispersed localization of acetylcholine receptors around crushed myofibers
and of vasculature alterations, including neo-angiogenesis preceded by the presence of enlarged vessels
and hemorrhagic areas [154,156,157].

4.2. Chemical Damage Induced by Myotoxic Agents

The injection of myotoxic agents, such as the snake venom-derived toxins notexin or cardiotoxin,
is one of the most frequently used methods to experimentally induce muscle damage and to study the
subsequent regeneration. This is because the degeneration induced by these agents has been described
as rapid, vigorous, and reproducible [139,158]. Moreover, venom toxins have been recognised as quite
specific toxic agents on muscle fibers, without undermining blood vessels, basal lamina, and thus the
activity of satellite cells [159–164]. This quite specific action can allow the dissection of regenerative
events in a simplified model of muscle injury and study of the behavior of cellular actors and the
profile of molecular players in muscle regeneration.

4.2.1. Cardiotoxin Injection

Cardiotoxins (CTX) are small polypeptides made of 60–63 amino acid residues acting as protein
kinase C-specific inhibitor. Over 40 homologous cardiotoxins have been isolated and sequenced over
time [165]. The purified toxin derived from the venom of the Indian cobra snake Naja naja or from
the Naja mossambica mossambica is the most widely used myotoxic agent in protocols of experimental
injury [140]. Although protocols can vary among laboratories, the method mainly consists of an
intramuscular injection of about 20–50 μL of a 10 μM CTX working solution in sterile phosphate
buffered saline (PBS). The most frequently treated muscles in murine models are hindlimb muscles
such as the tibialis anterior muscle (TA) or gastrocnemius [140,166,167]. The myolytic activity of CTX
involves the alteration of ion fluxes, induced by membrane depolarization, and is accompanied by
the loss of protein content and organelle breakdown. Muscle degeneration occurs early after the
injection, and the injured tissue is rapidly invaded by inflammatory mononucleated cells (Figure 2).
Enlarged necrotic fibers in CTX-treated muscles are reached firstly by neutrophils and, later on,
by macrophages which have been also described as penetrating swollen fibers [168]. Hardy and
colleagues, in a benchmark work on different models of muscle injury, reported that the inflammatory
response stimulated by CTX-induced necrosis was not exuberant, and it has been described that,
although the kinetic of infiltrating cells is maintained, the phases are more defined and staggered
if compared to other models of injury [140]. Furthermore, pro- and anti-inflammatory mediators,
except for IL-6 levels showing a significant heightening, undergo a weak induction at early stages to
then return to basal levels. The persistence of elevated levels of IL-6 have been detected one month after
damage, possibly explaining the highly increased number of satellite cells in completely regenerated
CTX-injected muscles [140]. It is worth to report that a significant myofiber hypertrophy and an
increased muscle weight has been observed in muscle regenerated after CTX injection [167,169]. On the
other hand, it has been postulated that CTX itself may have chemotactic properties enhancing both
macrophages and satellite cell activity, thus inducing an early and efficient tissue regeneration [139,167].
Accordingly, newly regenerating myotubes with central nuclei can be observed 4 days after damage;
7 days after injury, the inflammatory response declines and the diameter of centrally nucleated fibers
considerably increase [168]. Although it has been extensively described that CTX toxic action does
not directly influence microvasculature, a complete destruction of the capillary network has been
reported in a 3D study on CTX-injected muscles derived from Flk1GFP/+ mice [140]. However, the initial
vasculature breakdown was followed by active angiogenesis, and 1 month after the injection, the vessel
network was restored [140]. The retrieval of a proper blood supply in injured muscle contributes to the
efficient regeneration, without the occurrence of tissue fibrosis [164].

The ability of CTX to induce myofiber degeneration sparing the integrity of both basal lamina
and satellite cells and thus inducing a controlled and rapid process of tissue reconstruction has been
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extensively used over time to study the role of molecular and cellular interactors in muscle regeneration.
For instance, the specific action of cardiotoxin in inducing myofiber necrosis but not satellite cells (SCs)
death in combination with a model of local Pax7pos. cell depletion contributed to clarifying the role
of Pax7pos. cells in adult myogenesis [170]. Sambasivan and colleagues, inducing muscle damage in
the presence or absence of satellite cells and monitoring the subsequent regenerative events, not only
reported evidence about the essential role of SCs in skeletal muscle regeneration but also suggested
the intriguing possibility that a threshold number of Pax7pos. cells would be required to obtain an
efficient tissue reconstruction. This action would be associated not only with the proliferative rate
of activated SCs but also with the potential ability of satellite cell to orchestrate the pro-regenerative
action of non-myogenic cells in damaged muscle tissue. Furthermore, the cardiotoxin method was
largely employed to dissect the action of inflammatory mediators in the stem cell niche after injury and
to study the behaviour of satellite cell under pathologic conditions in which regeneration is known to
be impaired [99,166,170–173].

4.2.2. Notexin Injection

Notexin (NTX) is a myotoxic agent contained in the venom of the Notechis scutatus, the Australian
tiger snake, and has been described as having a more toxic effect than cardiotoxin (four times more
toxic than CTX) [174]. This phospholipase A2 presents an elevated myolytic impact, through the
hydrolyzation of sarcolemma lipids, inducing the alteration of ionic fluxes, hypercontraction, and thus
the degeneration of myofibers. Tissue insult provoked by notexin has been described as highly
degenerative, causing myofiber breakdown and the loss of skeletal muscle functionality three days
after the injection [175]. Moreover, a comparative study performed by Plant et al. reported that the
maximum force of contraction recovered by notexin-injected muscles was reduced in comparison with
other experimental models of muscle injury, with a percentage of force retrieval of only 10% seven days
after damage and 39% after 10 days [175]. These data, along with the results from others benchmark
studies, suggested that the extent and the modality of damage can influence the entity and the velocity
of muscle recovery and thus the study of regenerative events [140,175–177]. For instance, myofiber
regeneration, highlighted by the presence of centrally positioned nuclei, has been observed in the
entire muscle injected with the toxin only 7 days after injury in contrast with the earlier observation
reported in other models such as CTX-injury [140,167]. Despite the recognised action of notexin in
inducing a generalized muscle damage, it is worth to report that fibers have a differential sensitivity to
phospholipase A depending on the metabolism, with oxidative fibers showing an elevated susceptibility
to NTX-induced damage [139].

Another important difference in the muscle response to notexin injection is the inflammatory
response. Indeed, it has been described that there is a granulomatous inflammatory reaction to
NTX-induced degeneration. Although the extensive necrosis produced by the myotoxic action of
notexin did not activate an immediate inflammatory cell invasion, the immune response occurs with
cell infiltration 4 days after damage. Instead of a typical kinetic of acute inflammatory response directed
to the resolution, 12 days after injury in notexin-injected muscle, it was possible to observe multifocal
calcium deposits, remains of necrotic myofibers, as a midpoint of a granulomatous reaction [140].

Interestingly, these chronically inflamed foci persist even when muscle tissue is quite completely
regenerated 3–6 months after the experimental injury, potentially contributing to the establishment of
an altered immune milieu. Furthermore, it has been reported that NTX can exert a neurotoxic action by
blocking acetylcholine release, thereby altering the neuromuscular junctions, which must be restored
for a functional tissue retrieval [178].

4.2.3. Bupivacaine Administration

Another agent used to induce reversible muscle damage with the purpose to study regenerative
events is Bupivacaine (BPVC). Bupivacaine is a local anesthetic that, thanks to its highly lipophilic
properties, can efficiently penetrate the sarcolemma. Although the precise mechanisms have to be fully
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clarified, it has been described that Bupivacaine can induce muscle degeneration by perturbing the
homeostasis of mitochondria and sarcoplasmic reticulum (SR), producing a dramatic calcium efflux
and a simultaneous block of calcium reuptake by the SR. This action results in the hypercontraction
and rapid death of myofibers along with the mitochondria membrane depolarization and sarcoplasmic
reticulum alterations, which can further induce muscle degeneration [116,179,180]. Despite the intense
impact recognized on rat skeletal muscle which has been reported, Bupivacaine can induce only
a faint degeneration when injected in murine muscles. Indeed, the degenerative potential of this
anesthetic has been described as limited, if compared to notexin or cardiotoxin, since its injection
causes the degeneration only of a 45 percentage of fibers [175]. In accordance with the low degree of
muscle degeneration induced by Bupivacaine, it has been reported that the force-generating capability
of injected muscle was reduced to 42% of control muscles three days after damage and that this
impairment was quite completely restored ten days after the injection [175]. However, the analysis
of injected muscle cross sections performed by Plant and colleagues revealed that bupivacaine can
spread throughout the muscle, equally affecting both inner and peripheral regions of the muscle.
In accordance with the low degree of muscle damage induced by BPVC in murine muscle, a rapid
inflammatory response and regenerative phase has been described. Three days after the injection of
50–100 μL of 0.5% BPVC, a robust inflammatory infiltrate can be observed surrounding necrotic fibers,
whereas small regenerating fibers appearing on day 5 seem to quite completely regenerate the lesion
by day 14, when inflammatory cells are significantly reduced [181].

5. Conclusions

Muscle regeneration is one of the most important homeostatic processes of adult tissue and,
as such, must be finely regulated to guarantee functional recovery and to avoid muscle alteration
and diseases [182]. Skeletal muscle regeneration is a coordinate process in which several factors are
sequentially activated to maintain and/or restore a proper muscle structure and function. Although the
main actors of the entire process are satellite cells, a heterogenous group of other cells cooperate to
reestablish muscle homeostasis after damage. Indeed, each stage of the stepwise muscle healing is
dominated by a peculiar combination of cell agents and molecular signals playing a specific role in the
complex framework of regeneration. However, the multifaceted nature of the regenerative process has
to be still completely unveiled, and a number of pathologic conditions impairing muscle regeneration
still lack an effective therapy. Thus, the comprehensive understanding of healing mechanisms still
deserves further research to identify novel reliable biomarkers and to develop advanced techniques
supporting the future innovation of regenerative studies.
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Abbreviations

AchR Acetylcholine receptor
Activ.SCs Activated SCs
ADAM A Disintegrin and Metalloproteinase
ADAM8 A Disintegrin and Metalloproteinase Domain-Containing Protein 8
ADP Adenosine diphosphate
ALB Albumin
BPVC Bupivacaine
BrdU 5-bromo-2′-deoxyuridine
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BTX α-Bungarotoxin
Cav1 Caveolin 1
CCR2 Chemokine Receptor type 2
CD11b Cluster of Differentiation 11 b also known as Integrin Alpha M
CD133 Cluster of Differentiation 133
CD163 Cluster of Differentiation 163
CD206 Cluster of Differentiation 206 also known as Mannose receptor C-type 1
CD31 Cluster of Differentiation 31
CD34 Cluster of Differentiation 34
CD38 Cluster of Differentiation 38
CD45 Cluster of Differentiation 45
CD68 Cluster of Differentiation 68
CK Creatine kinase
CK3 (CK-MM) Creatine Kinase MM isoform
c-Met Tyrosine-protein Kinase Met
c-Myc MYC proto-oncogene, bHLH transcription factor
CS Compartment Syndrome
CTR Calcitonin Receptor
CTX Cardiotoxin
CX3CR1 C-X3-C Motif Chemokine Receptor 1
CXCR4 C-X-C Chemokine Receptor type 4
DAMPs Damage-Associated Molecular Patterns
DGC Dystrophin-associated Glycoprotein Complex
Diff.SCs Differentiating SCs
DMD Duchenne Muscular Dystrophy
EBD Evans Blue Dye
ECM Extracellular Matrix

ED1
Monoclonal antibody staining a single chain glycoprotein of 110 kDa on the
lysosomal membrane of myeloid cells, i.e., the majority of tissue macrophages (being
the rat homologue of human CD68)

ED2

Monoclonal antibody reacting with a membrane antigen (175, 160, and 95 kDa) on
resident rat macrophages such as monocytes and dendritic cells. ED2 discriminates
between thymic cortical (positive for ED2) and medullary (negative for ED2)
macrophages. The antigen is identical with CD163.

ED3

Monoclonal antibody recognizing the rat CD169 cell surface antigen, a 185 kDa
molecule expressed by macrophages in lymphoid organs (no monocytes or
granulocytes). In the thymus, the antigen is expressed on clusters of dendritic cells
(thymic nurse cells or TNC’s) in the (outer) cortex.

EDL Extensor Digitorum Longus
EdU 5-ethynyl-2′-deoxyuridine
Egr2 Early growth response protein 2
eMyHC embryonal Myosin Heavy Chain
ENO3 Enolase 3
F3BA Picrosirius red

F4/80
Mouse macrophage marker. Also known as Ly71 and EMR1, the F4/80 antigen is part
of the EGF-TM7 family.

FACS Fluorescence-Activated Cell Sorting
FAPs Fibroadipogenic Progenitors
FI Freeze Injury
FoxK Forkhead box protein K
Fpr2 Formyl peptide receptor 2
Gpr18 G-protein coupled receptor 18
Gr1 Granulocyte antigen 1
GSK3 Glycogen Synthase Kinase 3
H&E Haematoxylin and Eosin staining
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H2O2 Hydrogen peroxide
Hey1 Hairy/enhancer-of-split related with YRPW motif protein 1
Heyl Hairy/enhancer-of-split related with YRPW motif protein l
IFN-β Interferon-β
IFN-γ Interferon-γ
IGF-1 Insulin-like Growth Factor 1
IgG Immunoglobulin G
IL-1 Interleukin 1
IL-1β Interleukin-1β
IL-4 Interleukin 4
IL-6 Interleukin 6
IL6R IL-6 receptor alpha
IL-8 Interleukin 8;
Ki-67 protein (also
known as MKI67)

marker of proliferation KI-67

LDH Lactate Dehydrogenase
Ly6C Lymphocyte antigen 6 complex, locus C
Ly6G Lymphocyte antigen 6 complex, locus G
Ly6G-PA-GFP Ly6Gpos. cells with a photoactivatable GFP
MAC Macrophages
Mcad M-cadherin
MCK Muscle Creatine Kinase
MCP-1 Monocyte Chemoattractant Protein 1
MFs Myogenic Factors
MyHC Myosin Heavy Chain
miRNAs microRNAs
MPO Myeloperoxidase
Mrf4 Myogenic regulatory factor 4
Myf-5 Myogenic factor 5
MyoD Myoblast determination protein
myomiRs microRNAs involved in the regulation of myocellular processes
nAChR nicotinic Acetylcholine Receptor
NCAM Neural Cell Adhesion Molecule
NEU Neutrophils
NMJs Neuromuscular Junctions
NTX Notexin
P38 MAP kinases P38 mitogen-activated protein kinases
Pax3 Paired box transcription factor 3
Pax7 Paired box transcription factor 7
PBS Phosphate Buffered Saline
PCNA Proliferating Cell Nuclear Antigen
PDGF-R-alpha Platelet derived growth factor receptor alpha
Prolif.SCs Proliferating SCs
Sca-1 Stem cell antigen-1
SCs Satellite Cells
sIL6R soluble Interleukin-6 Receptor alpha
Sox 15 SRY-Box Transcription Factor 15
Sox 8 SRY-Box Transcription Factor 8
TA Tibialis Anterior muscle
Ter 119 or Ly76 Lymphocyte antigen-76
TGFβ Transforming Growth Factor beta
TNF-α Tumor Necrosis Factor alpha
VCAM1 Vascular Cell Adhesion protein 1
WNT Wingless-related integration site
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Abstract: Cells with contractile functions are present in almost all metazoans, and so are the related
processes of muscle homeostasis and regeneration. Regeneration itself is a complex process unevenly
spread across metazoans that ranges from full-body regeneration to partial reconstruction of damaged
organs or body tissues, including muscles. The cellular and molecular mechanisms involved in
regenerative processes can be homologous, co-opted, and/or evolved independently. By comparing the
mechanisms of muscle homeostasis and regeneration throughout the diversity of animal body-plans
and life cycles, it is possible to identify conserved and divergent cellular and molecular mechanisms
underlying muscle plasticity. In this review we aim at providing an overview of muscle regeneration
studies in metazoans, highlighting the major regenerative strategies and molecular pathways involved.
By gathering these findings, we wish to advocate a comparative and evolutionary approach to prompt
a wider use of “non-canonical” animal models for molecular and even pharmacological studies in the
field of muscle regeneration.

Keywords: myogenesis; evolution; metazoans; differentiation; transdifferentiation; muscle precursors;
regenerative medicine

1. Introduction

One particular challenge in regenerative biology concerns the development of reconstructive
strategies after muscle-related injuries, but also the treatments of degenerative myopathies for which
no reliable clinical strategy exists such as muscle dystrophy, sarcopenia, cachexia, to mention just a
few [1,2]. In mammals regenerative capacities are restricted to only a small number of organs [3], yet,
in other metazoans, the ability to respond to environmental injuries ranges from “simple” wound
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healing to complete anatomical and functional restoration of the lost or damaged part of the body,
including muscles [4]. The musculature is a tissue specialized in contraction and cells with contractile
functions are present in almost all metazoans but, despite their structural similarity, the origin of
muscles is considered to be the outcome of a process of convergent evolution [5]. Indeed, typical
muscle protein core sets are present even in unicellular organisms and in early diverged organisms
like sponges, which lacks a proper tissue organization and therefore “true” muscles, and in cnidarians,
where muscle-like cells are present but lack almost all molecular hallmarks of bilaterian striated
muscles thus suggesting evolution from cells with ancient contractile machinery [5]. The processes of
myogenesis and muscle homeostasis have also various degrees of conservation among different clades,
and so is the extent of muscle regenerative capabilities [5–10].

Animals adopt different basic strategies of regeneration that include the activation of adult
stem cells, the dedifferentiation of preexisting cells, and/or the proliferation of differentiated
cells. This diversity of mechanisms is still widely understudied and underexploited for
biomedical applications.

In this review, we provide an outline of main animals’ clades (see Figure 1), muscle types,
their development, homeostasis, and regeneration abilities highlighting what is known of their
molecular mechanisms. We emphasize some potential contributions of comparative studies into the
biomedical fields, therefore advocating deeper employment of ‘non-canonical’ animals as models for
muscle regeneration studies.

Figure 1. Tree of the animals’ clades treated in this review (in brackets the corresponding
section numbers).

Understanding the molecular pathways and mechanistic underlying regenerative events may offer
insights into potential methods to unlock regeneration in animals where the regenerating capabilities
are more restricted, e.g., mammals. Indeed, regeneration is greatly attenuated in mammals although
portions of major organs, such as the liver, retain event-triggered regenerative potentials for the entire
animal’s life [2]. Interestingly, recent pieces of evidence suggest that regeneration can be induced even
in non-regenerating species by altering specific signaling pathways [11–13]. This might be also the case
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for mammals and thus the principles underlying the induction of regeneration in non-regenerating
species may be transferred to humans to trigger regeneration [3,14].

Elucidating muscle regeneration in metazoans also provides opportunities to ‘model’ a complex
biological process relevant to human health and offers a window into fundamental principles
underpinning this important response.

2. Porifera: Low Body Complexity with High Regenerative Capabilities

The phylum Porifera includes mainly sponges, aquatic multicellular organisms with relatively
simple anatomy, lacking an organization of tissues and organs.

They have a very simple functioning relying on water circulating throughout a system of canals
and chambers, called a water-current system. Circulatory, digestive, nervous, and muscular systems are
completely absent. Their body is composed of a few types of cells [15,16]. For instance, in demosponges
we found pinacocytes (the skin cells), mesenchymal cells, choanocytes (lining in the interior body walls),
archaeocytes (totipotent cells), sclerocytes, myocytes, and porocytes (surrounding canal openings).
Two types of contractile cells can be identified: the pinacocytes, and the myocytes. Pinacocytes form
a functional contractile epithelium. They are composed of actin networks and actin-dense plaques
allowing a coordinated contraction in adjacent pinacocytes but their mechanism of contractility remains
to be further elucidated [17].

Most sponge species have an extraordinary capacity to regenerate lost body parts. Four cell types
have been identified as stem-cell-like in sponge: choanocytes and archaeocytes, also referred to as
adult stem cells (ASCs), pinacocytes, and particular ameboid vacuolar cells [18,19].

Muscle-Like Cells

Myocytes are spindle-shaped, smooth muscle-like cells containing microtubules lying parallel to
peripheral microfilaments. They contract similarly to muscle cells thanks to a non-muscle myosin type
II with high homology to that found in bilaterians and vertebrates. They allow the sponge to change
shape and expel sediments even without the presence of a nervous system as their contraction is entirely
controlled at a cellular level through variation of calcium (Ca2+) concentration [20,21]. In particular,
channels located at the plasma membrane allow the control of intracellular Ca2+ concentration that,
in turn, regulates cell contractility. This mechanism is believed to be rely on the activation of type II
myosin by Ca2+-dependent protein kinases [20,22]. Myocytes allow only movement internal to the
sponge but these animals remain essentially sessile. Predation and physical injuries are events very
common during the entire adult life of sessile organisms that had to develop efficient strategies of
repair and replacement of lost structures to survive [23,24].

Very limited information is currently available on the molecular pathways involved in body
regeneration. The activity of ADP-ribosyl cyclase (ADPRC) is related to physiological activities
in sponges, such as stem cell duplication and regeneration events [25]. Sponges regenerate using
diverse and complex morphogenetic mechanisms involving different cell sources depending on
the species. Regeneration can occur through epimorphosis and morphallaxis. The first process
involves the formation of a mass of undifferentiated cells (blastema) at the wound site. Pluripotent
cells such as archaeocytes and choanocytes from sites adjacent to the injury, undergo a process of
epithelial-to-mesenchymal transition (EMT) and migrate to the injured area. Here they actively
proliferate and form a typical blastema with dedifferentiated cells. Thereafter a process of
mesenchymal-to-epithelial transition (MET) re-establish the differentiated cell identity. Different
members of the transforming growth factor (TGF) superfamily are also involved in these processes [26].
In morphallaxis, of particular importance is cell transdifferentiation, the conversion of a differentiated
cell to another type of differentiated cell [18]. During this process, spreading and fusion of the
epithelia surrounding the wound is accompanied by the transdifferentiation of the choanocytes and
exopinacocytes without the formation of a blastema. This supports the hypothesis that these cells
combine properties of somatic and stem cells.
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Taken together, Porifera represents, for their exceptional regenerative capacities and low body
complexity, a promising model for investigating mechanisms of cell recognition, adhesion, migration,
and cell type transition during regeneration.

3. Cnidarians: The Starlet Sea Anemone, Nematostella vectensis (Anthozoa)

Cnidarians (Hydra, jellyfish, corals, sea anemones) are aquatic animals that are the sister group
to the bilaterian clade [27] and hold a key phylogenetic position for understanding the evolution of
common biological processes and mechanisms [28]. The two main groups of the phylum Cnidaria are
Medusozoa (jellyfish, hydroids, Hydra) and Anthozoa (corals, sea anemones) (Figure 2A). Cnidarians
are structurally simple animals with remarkable regeneration capacity. They can regenerate amputated
head, foot, and intact animals can even regenerate grouping single dissociated cells [29].

Figure 2. The epitheliomuscular system and regenerative capacity of the anthozoan cnidarian
Nematostella vectensis. (A) Schematic representation of the relationship between the main cnidarian
lineages and the phylogenetic position of Nematostella vectensis (Anthozoa, Hexacorallia). (B) The upper
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panel shows the muscle network of nematostella in a fixed MyHC1::mCherry transgene [30] labeling
the retractor muscles, co-stained with phalloidin thus showing the entire muscle network in green.
(ten) tentacles, (*) mouth, (pha) pharynx, (bc) body column, (ph) physa, (m) mesenteries, (rm) retractor
muscles, (pm) parietal muscles. (B’) Magnification of a body column region to highlight the orientation
of the muscle fibers. (tmf) transverse muscle fibers, (lmf) longitudinal muscle fibers. (C) Three
epitheliomuscular cell types have been identified in nematostella; they vary in their apical and basal
cell junctions as well as their localizations within the body [31]. (D) Overview of the known bilateral
myogenic factors identified in nematostella. (Present) indicates that the gene has been identified in
the genome, (Role) indicates a myogenic role (or not) of this gene in nematostella; (pot. yes), indicates
evidence of a myogenic role based on functional experiments or gene expression. (pot. not), indicates
evidence of a non-myogenic role based on functional experiments or gene expression. (n/a) data not
available. References cited: (a) [32], (b) [33], (c) [34], (d) [35], (e) [36], (f) [37], (g) [38], (h) [39], (i) [40]. (E)
Oral regeneration of lost body parts after sub-pharyngeal amputation (red dashed line) is completed
after 120 h post amputation and reforms a fully functional organism. Animals were fixed at various
time points during regeneration and stained with phalloidin to show f-actin filaments (black). Elements
of the figure are extracted from [28,41].

The present section focuses on the sea anemone Nematostella vectensis that belongs to the Anthozoa,
mostly sessile cnidarians that are represented by individual or colony-forming polyps.

The sea anemone Nematostella vectensis (Anthozoa, Figure 2B), was initially employed for
studying the evolution of embryonic developmental mechanisms [42] and is now emerging as a novel
complementary whole-body regeneration model [41]. Nematostella possesses a range of fundamental
advantages, such as the access to biological material, a relatively short life-cycle, an annotated genome
that revealed astonishing similarities with the one from vertebrates [34], a wealth of -omics data [43,44]
and well developed functional genomics and genome editing approaches [45–47].

Nematostella is a rather small sea anemone (juveniles ~0.5 mm, adults ~3 cm), translucent,
and well suited for imaging purposes (Figure 2B). It is a diploblastic animal formed by a bifunctional
internal endomesoderm and an outer ectoderm. On the oral extremity are the tentacles that surround
the mouth and the so-called physa on the opposite. Food caught by the tentacles is ingested via a
muscular and neuron-rich pharynx and digested within the body cavity. While most of the digestive
enzymes are secreted by the mesenteries that also store nutrients [37], these internal structures play
another role as they harbor the gonads that are crucial for sexual reproduction [42] and for inducing a
regenerative response [48].

3.1. Muscle Types, Organization, and Myogenic Genes

Cnidarians display a large diversity of muscle types and organizations that are involved in
multiple crucial physiological functions such as feeding, locomotion, or defense [28]. Although this
group of marine invertebrates lacks a large part of the molecular hallmarks of striated muscles [5],
jellyfish present some ultrastructural and functional features (such as striated myonemes, thick and
thin myofilaments, desmosomes as well as a mechanism of excitation–contraction coupling based on
intracellular calcium stores [49]) resembling the structure and function of striated muscles [50–53].

For a global overview of cnidarian muscle diversity, their development, and regeneration, please
refer to [28]. Most anthozoan muscle cells, and nematostella is no exception, are epitheliomuscular;
they contain smooth myofilaments [28] forming a transverse and longitudinal muscle fiber network
clearly visible using a MyHC1::mCherry transgenic line [30] and phalloidin/actin staining (Figure 2B’).
The epitheliomuscular cells, whose actin fibers form more or less condensed muscle fibers are
responsible for various functions of the animal such as feeding or locomotion.

A recent study has characterized three epitheliomuscular cell types (Figure 2C); two types (I and
II) with elongated cytoplasmic bridges present in the endodermal parietal and retractor muscles
(Figure 2B) and one type III corresponding to basiepithelial muscle cells encountered in the ectoderm
of the tentacles [31]. While the known bilaterian myogenic regulatory factors (MRFs [54]) are missing
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in nematostella (e.g., MyoD, MyoR), a large part of the conserved myogenic gene regulatory network
(e.g., Pax3, Pax7, Six1 [55]) has been identified (Figure 2D, reviewed in [28]). However, their exact roles
in the formation of the epitheliomuscular cells in nematostella are yet to be understood.

3.2. Muscle Regeneration and Role of Epitheliomuscular Cells in the Regenerative Process

Like cnidarians in general, nematostella possesses proliferation-dependent whole-body
regenerative capacities and can regrow fully functional animals from isolated body pieces within less
than a week (Figure 2E) [56–59]. In addition, nematostella is very well suited to compare embryonic
development and whole-body regeneration within the same organism [43,57,60], one of the long-lasting
questions in regenerative biology [61].

By assessing the MyHC1::mCherry transgenic gene expression after bisection, Renfer and
colleagues have observed that the retractor muscles retract from the wound site immediately after
amputation. In later steps of the regenerative process, mCherry positive cells accumulate in the
regenerating body part suggesting active cellular re-organization and differentiation to reform the
retractor muscles [30]. However, the cellular and molecular mechanisms underlying retractor muscle
regeneration remain unknown.

On the other hand, there are shreds of evidence suggesting an active role of muscle fibers in the
regenerative process. Bossert and colleagues have shown that muscular contractions are involved
in reducing the epithelia of the wound site and potentially favoring the wound-healing process [62].
In addition, a stereotyped tissue dynamics that may reflect the above-mentioned observation of
MyHc1::mCherry positive cells retracting from the amputation site, supports the idea that muscle
contractions play also a crucial role during various phases of the regenerative process [59]. A recent
study has shown that the retractor-muscle containing mesenteries are fundamental in inducing
regeneration in nematostella [48]. Based on data from planarian [63] and mammalian myoepithelial
cells [64], one could thus speculate that the epitheliomuscular cells that form the retractor muscle are
also involved in the regeneration process via contraction-independent biochemical signals. However,
additional work is required to further support those evidences and to determine the cellular and
molecular mechanisms involved.

4. Platyhelminthes: The Freshwater Planarian

Since the beginning of the 21st century, the freshwater, free-living, flatworm planarian, has become
a leading model for the study of development and regeneration mechanisms [65]. As a model organism,
it possesses a set of clear advantages. 1. Reductionism: although its relative simplicity, planarians
exhibits much of the “complexity” of vertebrate systems, including a well-differentiated nervous
system, simple eyes, central brain, triploblastic organization, and bilateral symmetry. 2. Planarians are
inexpensive and very easy to rear and maintain in the lab, therefore ideal for primary high-throughput
screening processes [66]. 3. Planarians are molecularly-tractable model organisms, easily manipulated
by RNAi interference [67] and their thin and somewhat transparent body allows whole-mount in situ
hybridization in an intact worm [68].

However, there is no doubt that the most astounding feature is its regeneration capability.
Planarians are considered as the “Masters of Regeneration”. Adult pluripotent stem cells that are called
neoblasts and are the only proliferating cells, account for 25–30% of all cells distributed in the planarian
body, and give them remarkable regenerative abilities. Whole worms can regenerate from only a
small proportion of the adult worm, within 1–2 weeks. Consequently, full results from regeneration
experiments are revealed in a relatively short time. For a broad review of planarian as a model system
for regeneration see Ivankovic et al. [69].

4.1. Muscle Types

The planarian’s muscle cells combine features common to both skeletal and smooth muscles [63].
The planarian contains two main muscular systems, somatic and pharyngeal, that differ in their myosin
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heavy-chain (MHC) muscle isoforms along with their function and location possibly due to their
different biological functions [63]. Without a supportive skeleton, the maintenance of body shape,
posture, movements, and defense (strength for their soft bodies) depends on the somatic muscular
system. Locomotion is mainly executed by ciliary gliding. The muscular body wall, organized beneath
the epithelium, is arranged in a grid work of 4 layers of fibers lying in different orientations and
linked to an extracellular network of filaments associated with the body’s organs [63]. Moreover,
recent works [70–72] revealed that in planarian, the muscles also provide patterning signals essential
to regeneration and guidance of tissue turnover and regrowth after injury. Interestingly, this resembles
what has been suggested to be a function of the connective tissues in vertebrates [73]. The somatic
muscular system provides regeneration guidance through the expression of position control genes
(PCGs) differing over time, body region, and types of genes expressed.

In addition to the somatic muscular system, planarians possess a separate pharyngeal musculature
system. Planarians have an incomplete digestive system with pharynx (proboscis and anus) connected
to the intestine duct by its anterior thus providing a single opening that functions as both, anus and
mouth. The pharynx is composed of a muscular tube and demonstrates repertoires of movement
capabilities. It is extruded from the body center during feeding and can direct itself toward the food by
bending and stretching till it reaches the food; it thus swallows the food and transfers it to the intestine
by peristaltic movements. The pharynx does not contain neoblasts [74] and therefore is incapable to
regenerate the rest of the worm when amputated. However, a worm losing its pharynx can regenerate
it in a few days [75]. The pharynx can thus serve as a module of organ regeneration where stem cells
differentiate into distinct cell types to form an organ that integrates within the rest of the body [76].

4.2. Muscle Regeneration and Homeostasis

Upon regeneration, planarian muscle cells, as all other tissue components, arise from the large
reservoir of the existent neoblasts population that migrate to the wound area and start proliferate,
thus creating a blastema where they differentiate to form the missing body parts. Irradiation protocols
applied to the whole body or to specific areas allows neoblasts ablation [77]. Further transplantation of
a single pluripotent neoblast can restore regenerative ability and the whole process can be monitored
from scratch [78]. Therefore, planarian is an ideal model for deciphering the mystery of stem cell
differentiation [79], allowing experimental approaches that are unavailable in any other model organism.
Research on planarian muscle regeneration is still limited but provides some interesting perspectives.

One other unique feature of the planarian model (e.g., Dugesia japonica and Schmidtea mediterranea)
is the ability to shift from growing (up to few centimeters) to de-growing (down to few millimeters)
by food deprivation and vice versa. The process depends on the balance between cell proliferation
and cell death and by keeping stable body shape and proportions through constant remodeling
mechanisms [80]. Therefore, it is a perfect model system for the study of tissue homeostasis (for a
broad overview of the subject see [81]).

In spite of their exceptional features and their growing popularity as a model for basic research
on regeneration, planarians are not yet considered as a conventional organism for studying human
pathologies and diseases, maybe it is time to rethink [82].

5. Mollusks: The Cephalopods

Cephalopods represent one the main and most evolved mollusk class. They are the most intelligent,
mobile, and the largest of all mollusks and include very diverse species such as squid, octopus, cuttlefish
and the chambered nautilus.

Regeneration is a frequent event occurring during cephalopods’ lifetime. Wild animals often
lose body parts such as portions of arms and fins and as a consequence, it is common to find signs
of traumatic events on their bodies [83,84]. These events can dramatically impair their capacity to
swim, capture, and manipulate preys [85], and therefore they can seriously impact their survival in the
natural environment. Indeed, cephalopods can regenerate their cornea, peripheral nerves, and body
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limb (arms and tentacles) [86]. Cephalopod limbs are complex organs composed of a tightly packed
three-dimensional array of muscle fibers controlled by a sophisticated peripheral nervous system
(PNS). The arm PNS is composed of three distinct parts: the arm nerve cord (composed of axial nerve
cords and the ganglionic core), the sucker ganglia, and the intramuscular nerves. This assembly allows
the transmission of a large amount of sensory and motor information to and from the brain [87–90].
All of these structures are fully and functionally recovered during regeneration.

5.1. Muscle Types

Similar to vertebrates, muscle cells in cephalopods can be found in a variety of different organs that
differ dramatically in structure and function. Indeed, muscle cells are in the mantle and appendages
(arms and tentacles) but also in eyes, hearts, viscera and chromatophores. Such diversity is paralleled
by specific adaptations in muscular organization and physiology.

The majority of the musculature of arms and tentacles is composed by uninucleate transverse or
obliquely striated muscle fibers with shared morphological and physiological characteristics. When
oblique striation is present, this pattern is uniform and continuous among adjacent cells. Generally,
these muscle cells do not exceed 8–20 μm in diameter and 0.8–1 mm in length. The nucleus is
in the central portion of the cell whose transverse section is usually round or polygonal, with a
mitochondria-rich core and a contractile apparatus in the cortical zone. The contractile apparatus
lies along the main axis of the fiber and is organized in sarcomeres with identifiable acto-myosin
striations. Cephalopod muscle actin and myosin heavy chain, show strong sequence identity to
other invertebrates and vertebrate gene orthologs suggesting a similar contraction mechanism [91,92].
On the contrary, regulatory proteins are very cephalopod-specific [93] suggesting that specific control
kinetics and cross-bridge cycle regulation might be developed in cephalopods (for a review see [94,95]).
Different from typical skeletal muscles, cephalopod arm muscle cells do not possess a proper T-tubules
system, but smaller sarcoplasmic structures named “terminal cisternae” that take contacts with plasma
membrane invaginations thus forming “dyads” at the level of the Z-disks. In contrast to the muscle cells
of other invertebrates, they are isopotential, and thus each synaptic input can control the membrane
potential of the entire muscle cell (for a review see [94]).

Among cephalopods, muscle cells can differ in their activation properties. As an example,
in octopus arm, muscle action potentials rely on Ca2+ spikes [96,97] generating a massive entrance
of Ca2+ that activates a calcium-induced calcium release (CICR) process from the internal stores [98].
An intriguing analogy here can be found with vertebrate cardiac muscle cells that represent an
important target of regeneration medicine [99,100].

In contrast to the octopus arm muscles, transverse muscles of squid tentacles show ‘graded’ Na+

based action potentials different from the typical ‘all or nothing’ action potentials of squid giant axon
or vertebrate muscle fibers. Interestingly, the transverse muscle of the squid arms lacks Na+-based
action potentials [101]. All the above-mentioned characteristics co-evolved with the complex brain to
body adaptation and limb specialization [102–104] whose integrity is essential to the animal survival.

Several myogenic genes have been identified in some (but not all) cephalopod species. As an
example myoblast-specific Myf5 and MyoD proteins have been identified in Sepia officinalis tentacles
during late stage development and NK4 is found to be involved in cephalopod striated muscle
formation just as in vertebrate cardiac cells [94,105,106]. In addition, an hh-homolog signaling molecule
and its receptor Patched (Ptc) have been found to be expressed during myoblast differentiation in Sepia
officinalis [107].

5.2. Muscle Regeneration

Cephalopod mollusks are a powerful model of limb regeneration due to their similarities in early
arm development to vertebrate models and their fast and efficient regenerative abilities (for a review
see [94]) and, among regeneration studies of other body parts, rather ample literature is currently
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available on the regeneration of their limbs (for a review see [84]). However, very little is known about
the molecular pathways controlling the regenerative process.

Hereafter, we will employ the octopus arm as a template to describe the step of a regeneration
process. Morphologically, a sequence of events can be identified during arm regeneration: (1) wound
healing; (2) formation of a knob at the stump tip; (3) elongation of the knob and formation of a
hook-like structure; and (4) elongation of the regenerating arm till complete restoration of a functional
structure [85,94,108,109].

At early steps of regeneration, a mixture of extracellular matrix (ECM), vesicles, and mucus are
present at the plug region, and only subsequently the connective tissue is deposited by fibrocytes
migrating to this region [109]. The presence of ECM and connective fibers might be relevant for the
correct reorganization of the regenerating structure, a role that has been also suggested in octopus
pallial nerve regeneration [84]. Cephalopods might have evolved fine mechanisms of regulating
ECM composition and organization during regeneration that favor the tissue competency to regrow.
Interestingly, similar fibrillary elements are the ones limiting vertebrates skeletal muscle regeneration
as their accumulation at the injury site negatively interferes with regeneration and drives instead
scarring and fibrosis of the tissues [94].

At a cellular level, cells composing the stump are first characterized by a layer of undifferentiated
cells together with diffuse vascular components forming a typical blastemal region. This structure then
disappears, and cells start differentiating [110]. Cell proliferation remains active throughout the entire
regeneration process, but while at an early step is primarily localized at the blastema, at later stages it
is present within differentiating tissues such as the axial nerve cord and the musculature.

Unfortunately, no study reported so far could reveal the molecular identity of muscle cell precursor
during regeneration. It has been speculated that new muscles and nerve cells can originate from
dedifferentiated cells of the same type (for a review see [84]) but due to the lack of species-specific
molecular markers, we are currently not able to assess the existence of pluripotent vs. lineage-committed
progenitor cells, as well as vertebrate satellite-like cells associated with adult muscles. From a
mechanicistic viewpoint it has been shown that after an arm lesion, muscles close to the injury site
degenerate fast, and large cells containing little protoplasm and a large nucleus appear within the same
area. These cells are supposed to be sarcoblasts that later migrate to the most distal part of the wound
and undergo active proliferation. Sarcoblasts will then differentiate into the arm and sucker muscle
fibers in different time intervals [108]. This process is possibly paralleled by the recovery of the arm
functional capacity.

Few data are available on the molecular pathways underlying muscle formation during
regeneration in cephalopods. It is known that cephalopods muscle development rely on MRFs,
however, still, no data are available on their expression during muscle regeneration in octopus. Several
studies suggested that acetylcholinesterase (AChE), a conserved molecule between vertebrates and
invertebrates, may orchestrate the formation of the octopus arm during regeneration [110,111] similarly
to what happens in regeneration phenomena occurring in other animal phyla such as Platyhelminthes,
Mollusca, Arthropoda, and even Chordata (for a review see [94]).

6. Nematodes: The Caenorabditis elegans Model

Nematodes are one of the most diverse animal phyla. They occupy a large variety of environments,
and many species are parasitic. Nematodes are relatively small animals (~1 mm long adults), and,
given their size, a heart and a closed circulatory system are not required.

C. elegans has been employed as a model to study extrinsic and intrinsic factors crucial for axon
regeneration and wound healing. In particular it have disclosed important aspects of the mechanisms
of wound healing and cellular plasticity, axon regeneration and transdifferentiation in vivo [112].
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Muscle Type and Homeostasis

The majority of muscles of the animal body wall are used for the animal’s locomotion [113].
C. elegans body wall muscle cells are spindle-shaped mononuclear cells with multiple sarcomeres per
cell [114]. Muscle cells are obliquely striated and form body-wall muscles running along the length of
the body underneath the epidermis [115,116]. Unlike most other animals, their innervation is unusual
in that the nerves do not branch out into the muscles but the muscle cells send extensions (muscle
arms) to the nerve cord to receive en passant synapses from the motor neurons [117,118].

Embryonic development of body wall muscle is controlled by maternally expressed genes initially,
but then there is a switch to control by zygotically expressed genes. Several molecular players
(e.g., Wnt/Mitogen-Activated Protein (MAP) kinase signaling, Myogenic regulatory factors (MRFs) as
many others) act during muscle development and differentiation. For a detailed description please
refer to [119,120].

C. elegans muscles lack satellite cells (muscle stem cells) and therefore muscles cannot regenerate.
Adult worms only carry post-mitotic body wall muscles [119]. It is interesting to notice that, although
lacking an open circulatory system, proteins and structures composing the body wall muscles manifest
a high homology with that of human heart muscle. In addition, many molecules involved in sarcomere
assembly and maintenance are in common with other animals. A dystrophin ortholog, dys-1 gene, has
been identified in C. elegans with a key role in the sarcomere structural regulation [121]. The mechanism
of assembly of sarcomeres into functional muscles have been extensively investigated in C. elegans
within the context of repair following activity-induced muscle stress and muscle degeneration [117].

For the reasons listed above, C. elegans has become a model study for muscle diseases such as
Duchenne’s Muscular Dystrophy (DMD) [122] and cardiomyopathies [113]. A more explanatory and
detailed list of advantages and disadvantages of this animal as a model of human heart pathologies
can be found in [113].

Interestingly, the lack of regeneration capacity of C. elegans muscles has been key to the use of
this animal as a model of DMD. Indeed, as C. elegans adult muscle cells are mono-nucleated and
post-mitotic, they can be individually tracked during the process of muscle degeneration and do not
undergo fibrosis and chronic inflammation, processes that are common in vertebrate models [121].

7. Artropods: The Insect Drosophila melanogaster

Insects have a reduced lifespan and events related to degeneration/regeneration processes
following physical, pathological or aging damage are less frequent. Hence, the establishment of a
real physiological regenerative mechanism have been under a lower evolutionary pressure. However
insects manifest adult muscle hypertrophy, which can be viewed as a degeneration/regeneration-like
process, in response to particular hormones as well as to environmental factors, population density,
food availability, or mating [123,124].

Drosophila melanogaster is a model organism in which genetic and molecular techniques, coupled
with physiological and structural approaches, have been used to unravel specific issues of invertebrates
and vertebrates muscle biology, including regeneration processes.

Muscle Type and Homeostasis

In D. melanogaster larvae and adults, three types of muscles can be recognized: (1) Tubular muscles,
including most of the adult skeletal muscles. They are striated with a centrally located nucleus and are
synchronous muscles because each nerve stimulation evokes calcium release from internal stores which
triggers a mechanical contraction of the muscle similarly to vertebrate skeletal muscles [125]. (2) Adult
indirect flight muscles, or “fibrillar” muscles. In these muscles individual myofibrils can be identified
by light microscopy; they are striated and asynchronous muscles as their mechanical response is
activated both by calcium following nerve impulse and by stretch-activation due to the elastic recoil of
thorax cuticle [125,126]. (3) Supercontractile striated visceral and heart muscles, and larval body wall
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muscles. Supercontractile muscles are called “supercontractile” because they can contract to a length
well below 50% of their resting length [127–131]. They contract in response to caffeine also in the
absence of external calcium, showing that a functional store of calcium is present in the sarcoplasmic
reticulum and that it is sufficient for muscle contraction [132]. Interestingly, a similar activation
property has been also found in the octopus arm muscles [98].

Larval and adult muscle cells and fibers derive from progenitor cells of the embryonic mesoderm.
Signaling crosstalk between ectoderm and mesoderm (for instance Decantaplegic and Wingless) and
gene (e.g., twist, even-skipped, and floppy-paired) dynamic temporal expression, regulate the muscle
cell fate of these cells [133,134]. Cardiac and visceral muscle cell progenitors are formed from these
generic muscle cell progenitors by their compartmentalization in segmental regions with low Twist
high Even-skipped domains. High Twist high Sloppy-paired domains are, on the other hand, a key
point for the development of somatic cell progenitors [134,135]. Both these muscle cell progenitors
undergo then asymmetric cell divisions, which generate low Twist cells that fuse to form embryonic
myoblasts and subsequently embryonic muscles. Some, but not all, asymmetric division give rise also
to a single founder cell and to an adult muscle precursor (AMP), an adult muscle stem cell that remains
in quiescence.

Larval muscles degenerate throughout metamorphosis. In some cases (indirect flight muscles
in the thorax) larval muscles are utilized as templates for the formation of adult muscles. In other
cases, peripheral nerve fibers and the space between larval muscle fibers drive adult muscle fibers
development and differentiation. Adult muscle fibers origin from AMP precursors which proliferate,
differentiate, and fuse to form myotubes and then adult fibers. This process was deeply studied
in indirect flight muscles that are the main power source for flight. From these studies, however,
it was found that only a small number of AMPs descendent stem cells remain associated with the
adult differentiated indirect flight muscle fibers. These cells resemble mammalian satellite cells
which are associated with the adult skeletal muscle fibers and retain the competence to proliferate
and differentiate in myoblasts and then adult myofibers when stimulated (for example following
skeletal muscle fiber degeneration). It is interesting to note also that these “fly satellite cells” undergo a
proliferation/differentiation program leading to the generation of myoblasts which fuse with a damaged
indirect flight muscle fiber. This process, similarly to what was observed in vertebrate satellite cells
of skeletal muscle fibers, points to repair the damaged fibers, and it is activated by Notch-Delta
signaling [136]. In the absence of tissue damage, satellite cells are maintained, not differentiated,
and “quiescent” probably by the transcription factor Zhf1 [137].

Other authors claim that there are probably no “satellite cells” in adult flies’ muscles. Indeed,
almost all of these studies were investigating the indirect flight muscles (IFMs) that are considered the
most similar to mammalian skeletal muscles. In these, regeneration processes are triggered by damage
consequent to physical or pathological injuries as well as damages related to aging. Considering fly
lifespan, these events are less frequent and therefore they should have exerted a minor pressure from
the evolutionary point of view to establish a real regenerative mechanism in adult muscles. Moreover,
a regeneration-like process is considered for adult skeletal muscles as regarded as muscle hypertrophy.
Again, in flies, differently from other invertebrates, the small dimension of IFMs could have been a
factor against a “pressure” from an evolutionary perspective.

8. Echinoderms: A Compendium of Regeneration Strategies

Echinodermata is a phylum consisting of radially symmetrical marine animals. All larval and
adult echinoderms exhibit high regenerative capacities of entire lost parts following predation or
traumatic events [138]. Echinoderms manifest all the regenerative strategies identified in other
animals, such as epimorphosis and morphallaxis, and have an impressive high genetic homology
with Chordates. They can show epimorphic processes, by which a blastemal is formed through
active proliferation of migratory undifferentiated cells. They can also show morphallaxis, where cells
derive from differentiation, transdifferentiation, or migration of existing tissues. Most classical and
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bio-molecular tools currently available have been successfully employed in this animal species giving
rise to a large body of literature on Echinoderms regeneration from molecular, cellular, and tissue level.
These features make them interesting models in translational research [139].

8.1. Echinoderm Muscles

Movements in echinoderms are assured by a muscular and a water vascular system; two main
muscular systems, the visceral and the somatic, are present. Similar to what happens in nematodes
and amphioxus, echinoderm visceral muscles may extend cytoplasmic prolongations towards the
nerve fibers that they make contact with. Echinoderm muscles retain some epithelial features. Indeed,
the epithelial cell of coelom can give rise to peritoneocytes, myoepithelial cells, and myocytes through
successive stages of specialization. Despite differences in anatomical location, echinoderm muscles
share a similar structure. They are made up of numerous contractile bundles and each of them is
composed of several myocytes containing myofilaments of variable thickness [140].

Two main types of muscle fibers can be identified, the first (and most common) in which individual
bundles are composed of myocytes of fusiform shape and resemble vertebrate smooth muscle fibers.
These fibers are embedded in the extracellular matrix of connective tissue composed of a network of
thick striated (collagenous) and thin unstriated fibers and an amorphous component; it also comprises
fibroblasts, nerve cells, and different coelomocytes (the immune effector cells of sea urchins). A second
muscle type, typical of crinoid arms, consists of obliquely striated fibers with each muscle bundle
composed of 8–20 myocytes and surrounded by a basal lamina.

8.2. Echinoderm Muscle Regeneration

Several signaling pathways are involved in regeneration. These include the bone morphogenetic
protein/transforming growth factor (BMP/TGFB)-signaling pathway, the homeobox (HOX) signaling
pathway and the Ependymin pathway. Nonetheless, it is not directly possible to associate these
pathways with the specific process of muscle regeneration. To provide this information, it would be
necessary to screen for genes expressed by muscle cells such as cytoskeletal genes, actin, and myosin
genes. Interestingly, their expressions are known to be modulated during different stages of the
regeneration process [141–143].

Upon injury, echinoderm muscles undergo processes of de-differentiation and myogenesis. In the
wound region damaged myocytes degenerate and muscle bundles disintegrate. De-differentiation of
the coelomic epithelial cells represents an early regeneration event occurring already during wound
healing and continuing at different rates during the regenerative period.

These cells dedifferentiate and start migrating toward the region occupied by the injured muscle,
here they form clusters of muscle bundle rudiments. Then, they increase in number and start developing
the contractile filaments of future muscle cells. The process of myogenesis goes on in parallel with
many other regenerative events and brings to the restoration of a functional muscular tissue [142,144].

In conclusion, echinoderms represent an interesting model with a high potential for muscle
regeneration studies (for extended reviews see also [138,142,144]). Their close phylogenetic relation
to vertebrates makes them attractive models to determine what cellular and molecular processes are
required for successful muscle regeneration to occur.

9. Cephalochordates, the Basal Chordates: Amphioxus

The cephalochordate amphioxus is the sister group of the tunicate–vertebrate clade [145] (Figure 1)
and represents a new emerging model for studies on cell and tissue regeneration and in particular for
muscle regeneration. Its phylogenetic position also offers insights into the evolution of regenerative
capacity in vertebrates.

As demonstrated in other organisms, amphioxus regeneration can vary among body parts and
several variables affect the speed of healing such as species, animal age, and body size [146–149].
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In amphioxus, two districts show the highest regenerative capacity: the oral cirri, skeletal structures
surrounding the mouth, and the post-anal tail.

9.1. Structure of Amphioxus Muscles

The adult amphioxus possesses almost exclusively striated muscles, the most prominent of which
are the segmental axial muscles providing force for burrowing and swimming, the notochord and the
pterygial muscle. The axial musculature is composed of the myomeres thatare segmentally repeated
in dozens of pairs throughout the entire length of the body. Myomeres are composed of flattened
striated muscle cells 0.8 μm thick [150], 100 μm wide and at least 500 μm long. They are similar to
vertebrate skeletal muscle cells in banding and in the arrangement of the myofilaments [151]. Moreover,
the sarcoplasmic reticulum, although not arranged to form the typical T-tubule system, is present
and, as in vertebrate striated muscles, might serve as calcium storage [152]. Despite these similarities,
amphioxus axial muscle cells are mononucleated, in contrast to the fused myofibers of vertebrate
skeletal muscles. The notochord, a modified muscle structure extending from the tail to the most
anterior tip of the rostrum, consists of a row of coin-shaped striated muscle cells plus other non-muscle
cells known as Müller cells. The pterygial muscle is constituted by striated fibers [153] responsible for
the contraction of the branchial cavity, which results in gamete emission from the atriopore.

9.2. Muscle Regeneration in the Amphioxus Tail

Due to its ability to regenerate skin, nerve cord, and muscles after amputation, the post-anal tail is
the most studied system for understanding regeneration in amphioxus (see Figure 3 for timing and
principal steps of regeneration in B. lanceolatum and B. japonicum). Indeed, the tail contains the two
most prominent striated muscle structures: the myomeres and the notochord.

Figure 3. Timing and principal steps of regeneration in B. lanceolatum and B. japonicum. (A) Enlargement
of the most anterior end of a Branchiostoma lanceolatum adult showing the oral cirri (oc). (B) Post-anal
tail of the same animal. my, myomeres; nc, nerve cord; n, notochord. (C) B. lanceolatum individual
collected in Banyuls-sur-Mer, France. (D) Schematic overview of the series of events occurring during
tail regeneration in the B. lanceolatum and B. japonicum. dpa, days post-amputation.
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While little data are available on the role of myogenic factors during tail regeneration in amphioxus,
much more is known on muscle development formation in the embryo. Like vertebrates, amphioxus
axial muscles derive from the myotomal portion of the somites. Here, the Six1/2-Pax3/7 myogenic
program is activated [154] and regulates the differential expression of members of the myogenic
regulatory factors (MRFs) gene family, which underwent independent expansion in the amphioxus
lineage [155]. Amphioxus somitic mesoderm, which extends for the whole length of the body, is divided
into three portions, each induced by a unique combination of transcription factors [154]. The most
anterior somites depend on fibroblast growth factor (FGF) signaling [156]. The signals regulating the
other two populations are yet to be identified but it has been shown that the most posterior somites,
arising from the tail bud as the embryo elongates, do not require FGF nor retinoic acid signaling [156]
and that Notch is required for correct separation of contiguous somites [157].

From a mechanistic viewpoint, Somorjai and coworkers [146,147] described a blastema-like
structure in the amputated tail of B. lanceolatum, with proliferating cells from notochord, myotomes and
nerve cord positive for phospho-histone H3. Subsequently, Liang and coworkers [148] confirmed cell
proliferation in blastemal cells of the regenerating tail of B. japonicum by Bromodeoxyuridine (BrdU)
labeling. Conversely, Kaneto and Wada [149] identified in the amputated oral cirri of Branchiostoma
belcheri a large number of mesenchymal cells able to reform the skeleton, but most likely without the
influence of a proliferative cell population, as phospho-histone H3 was not detected. Thus, oral cirri
seem to undergo tissue remodeling by morphallaxis, whereas the tail can respond to amputation
injury by epimorphic regeneration. In addition, de-differentiation of existing structures but not
trans-differentiation or lineage reprogramming seems to occur during amphioxus tail regeneration,
as seen in amphibians [146,147].

10. Tunicates: The Sister Group of Vertebrates

Tunicates (Phylum Chordata) encompass a large group of ubiquitous and diverse animals that
occupy a wide variety of marine habitats and ecosystems around the world [158]. Despite their
appearance, these animals are the sister group of vertebrates, with whom they share a common
ancestor [159]. Most of the tunicate species have a biphasic life cycle, with a swimming larva, with the
chordate synapomorphies, and either a benthic (like the group of ascidians) or a planktonic (in the
order thaliaceans) post-metamorphic phase. During this phase, the chordate features are lost and the
larva turns into a filter feeder sac-like body structure with two tubular openings, known as inhalant
and exhalant siphons (Figure 4). While solitary tunicates reproduce strictly sexually and have limited
regenerative capabilities, colonial species can also reproduce asexually and regenerate an entire body
via diverse modes of budding, also referred to as non-embryonic development. The result is often
a colony of connected, genetically identical zooids [160,161]. Budding can be part of the life cycle,
which accounts for colony growth, replication and reproduction, or regeneration, i.e., passive forms
triggered by injury [162].
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Figure 4. Ciona embryogenesis and regeneration. (A) Simplified scheme of muscle development
during ciona embryogenesis and metamorphoses. (modified from [163]). (B) Scheme of oral siphon
regeneration in ciona (modified from [164]). (C) Simplified scheme of myogenesis during budding in
Botryllus schlosseri. FHF: first heart field; SHF: second heart field; OS: oral siphon; AS: atrial siphon;
LoM: longitudinal muscles; SC: stem cells.

10.1. Myogenesis during Embryogenesis and Metamorphoses

The typical tunicate larva carries in the tail two bands of mononucleated muscle cells, one on
each side of the notochord. The myofibrils of each cell are connected through intercellular junctions,
similarly to the vertebrate cardiomyocytes. Each row of cells behaves as a syncytium, allowing
the swimming movement. The myocytes are arranged in a striated manner and express myosin
heavy chain. After metamorphosis, the sarcomere organized musculature gets reabsorbed along
with the tail, and the musculature of the formed zooid generally consists of longitudinal and circular
multinucleated fibers that run throughout the mantel along the body and around the two siphons
(Figure 4). While ultrastructural studies show unstriated morphology, the adult body musculature
seems to have intermediate characteristics between the vertebrate smooth and striated muscles [165].
For instance, the post-metamorphic musculature uses a troponin-tropomyosin complex similar to
vertebrate striated muscles, their myocytes are specified via MRFs that generally controls vertebrate
skeletal muscle development, and lacks on smooth muscle specification [165,166]. Post metamorphic
zooids also develop a tubular heart, which consists of a single chamber formed from two epithelial
monolayers. The pericardium is a non-contractile epithelium, whereas the myocardium is a single
layer epithelium of mononucleated striated cardiomyocytes.

Most of the information on the molecular bases of muscle cell specification and differentiation
comes from a copious amount of studies focused on few solitary model species namely Ciona intestinalis,
Halocynthia roretzi, and Molgula, and have been recently summarized in a comprehensive review by
Razy-Krajka and Stolfi (2019) [163]. Briefly, during embryogenesis, the maternal deposition of a zinc
finger family member (Zic-r.ca) and the activation of a T-box transcription factor is necessary to induce
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the development of tail muscles. At the stage of 110-cells, a couple of blastomeres, the B7.5, acquire a
cardiopharyngeal mesodermal fate and give rise to both heart and part of the adult body musculature,
specifically the exhalant siphon and the longitudinal muscles (Figure 4). The gene regulatory network
that governs this cell lineage specification is highly conserved between tunicates and vertebrates
cardiopharyngeal myogenesis [167]. Another couple of blastomeres (the A7.6) follow a different
fate but are partially regulated by the same transcription factors involved in the cardiopharyngeal
specification [107] and give rise to the muscles of the inhalant siphon (Figure 4A).

10.2. Myogenesis during Budding and Regeneration

Many solitary ascidians can repair and regenerate efficiently both the exhalant and inhalant
siphons, including the associated muscle fibers [168]. Interestingly, during its progressive differentiation,
the B7.5 cell lineage gives rise also to a population of cells that do not express the MRF, but seems
to maintain an undifferentiated state and settle around the exhalant siphon [169,170]. These muscle
precursors maintain a stem cell-like state via a Notch-mediated lateral inhibition, a mechanism that has
been also reported in drosophila and vertebrates to control muscle differentiation [170]. In addition,
the A7.6 is multi-lineage, but it is not clear if such multipotency is retained in the fully developed
adult. So far, the link between the B7.5 and A7.6 myogenic lineage and the siphon muscle regeneration
has not yet been explored. Recently, Jeffery (2018) suggested that, in Ciona intestinalis, the siphons
repair and regeneration are triggered by the mobilization of multipotent progenitors that migrates
from niches located in the branchial sac rather than around the very same siphon [164]. The very
same stem cells are also responsible for the regeneration of the central nervous system. In addition,
the nature and the dynamics of these stem cells have not been yet described (Figure 4B). While there
are no recent studies on bona fide heart regeneration in tunicates, growth regions have been reported in
the ciona myocardium [167,171]. In these area, clusters of proliferating undifferentiated cells start to
accumulate myofilaments and eventually mature into cardiomyocytes. The nature of these precursors,
i.e., transdifferentiating cells or cardiac stem cells, remains to be studied.

Although way less studied, the embryogenesis of most colonial tunicates seems to occur in the
same way than the solitary ones [172,173] and, at least in the model Botryllus schlosseri the myogenic
regulative modules and mechanisms appears to be conserved [174]. The blastozooid, the adult
produced by non-embryonic development, generally has a bauplan and a muscle architecture that
is comparable to the oozooids, i.e., the individuals formed by embryonic development [165,174].
However, budding bypass fertilization, embryogenesis, larval stage, and metamorphosis [24,160,171].
Contrary to their embryonic development, which displays a remarkable level of conservation among
almost all the tunicate orders, non-embryonic development encompasses a clade-specific assortment
of cells, tissues, and ontogenesis, all displaying different degrees of interaction between epithelial and
mesenchymal cells [161].

In Botryllus schlosseri, the blastozooid musculature is formed de novo during morphogenesis by
partially co-opting and re-wiring the embryonic cardiopharyngeal regulatory network [174]. The body
muscle fate seems to be regulated by a kernel of genes expressed in progenitor cells located in a
transitory structure, the dorsal tube, which has also neurogenic potential [173]. Instead, the hierarchy
of the expression of specific cardiomyogenic transcription factors suggests that the heart is specified
by different mesenchymal precursors, located in another domain of the developing bud. Therefore,
the reshuffling of the embryonic cardiopharyngeal regulatory modules is also linked with uncoupling
of the body muscle and heart muscle precursors [174]. It does remain unclear if these populations of
precursors are renewed every budding cycle or persist and pass over asexual generations, or if the same
precursor is responsible for the myogenesis during other forms of partial or total regeneration [175]
(Figure 4C).

In the other two ascidian species, Botrylloides leachii and Perophora viridis, a population of adult
pluripotent stem cells circulating in the hemolymph seems to be responsible of the regeneration of the
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whole body, including the entire musculature [176,177]. As for solitary species, the study of these cell
populations is still in its infancy.

11. Vertebrates: The Zebrafish

The zebrafish (Danio rerio) is one of the most widely used vertebrate model for regeneration
studies. Zebrafish are capable of regenerating many of their organs and tissues, including heart, central
nervous system, retina, lateral line hair cells, caudal fin, kidney, pancreas, liver, and skeletal muscle
(reviewed in [178–180]; Figure 5).

Figure 5. Regeneration in zebrafish. Schematic drawing of a zebrafish adult showing organs used for
regeneration studies.

11.1. Zebrafish Skeletal Muscle Regeneration

Zebrafish trunk is composed of spatially separated slow and fast muscle fibers, and slow myofibers
are embryonically mononucleated (reviewed in [181,182]). The trunk muscles are arranged in repeated
chevron-shaped segments, along the head-to-tail axis. The thin partition between each pair of adjacent
somites is named ‘vertical myoseptum’ and the one between the dorsal and ventral halves is named
‘horizontal myoseptum’. The myosepta are anchoring structures for muscle fibers, enabling force
transmission [183]. Two main Pax7-positive muscle stem cell populations were characterized in
zebrafish. The first population is formed after somitogenesis at the external surface of the myotome,
the external cell layer (ECL), expresses Pax3 and Pax7, and contributes to muscle growth throughout
the zebrafish lifespan by secondary myogenesis [184]. The second population is functionally equivalent
to the amniote satellite-cell population, scattered between myofibers throughout most of the myotome
and serves as a source of new muscle fibers during adult zebrafish muscle repair and regeneration.
These satellite-cells are mainly enriched in slow muscle near the myosepta, have dense heterochromatin
and express Pax7, Pax3, and Met. In response to muscle injury, they divide asymmetrically to form
two distinct cell pools: proliferative cells that fuse to form de novo myofibers or repair damaged
muscle fibers, and proliferative cells that self-renew to ensure the preservation of a satellite stem
cell pool [180,185]. Zebrafish skeletal muscle is a heterogeneous tissue, composed of slow, fast,
and intermediate myofibers. However, at variance with mammals’ intermixed muscle bundles,
zebrafish trunk is composed of spatially separated slow and fast muscle fibers, and slow myofibers are
embryonically mononucleated (reviewed in [181,182]). The trunk muscles are arranged in repeated
chevron-shaped segments, along the head-to-tail axis. The thin partition between each pair of adjacent
somites is named ‘vertical myoseptum’ and the one between the dorsal and ventral halves is named
‘horizontal myoseptum’. The myosepta are anchoring structures for muscle fibers, enabling force
transmission [183].

Myogenesis events are fundamentally common to all vertebrates. The myogenic regulatory
factors (MRFs) that direct myogenic lineage development and muscle differentiation (i.e., Myf5, MyoD,
Myogenin, Mrf4) are highly conserved in fish and mammals (reviewed in [178–180,186]). Two main
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Pax7-positive muscle stem cell populations were characterized in zebrafish. The first population,
the external cell layer (ECL), is formed after somitogenesis at the external surface of the myotome.
It expresses Pax3 and Pax7 and contributes to hyperplastic muscle growth throughout the zebrafish
lifespan by secondary myogenesis [184]. The second population is functionally equivalent to the
amniote satellite-cell population, scattered between myofibers throughout most of the myotome
and serves as a source of new muscle fibers during adult zebrafish muscle repair and regeneration.
These satellite-cells are mainly enriched in slow muscle near the myosepta, have dense heterochromatin
and express Pax7, Pax3, and Met. In response to muscle injury, they divide asymmetrically to form
two distinct cell pools: proliferative cells that fuse to form de novo myofibers or repair damaged
muscle fibers, and proliferative cells that self-renew to ensure the preservation of a satellite stem cell
pool [180,185].

11.2. Zebrafish Heart Regeneration

The zebrafish heart is simpler than the mammalian heart and is composed of a single atrium and a
single ventricle. Blood exits the heart through the bulbous arteriosus, an elastic, non-contractile chamber
composed of smooth muscle. The wall of the zebrafish ventricle is lined by the epicardium, an outer
mesothelial lining, and an inner endothelial lining, the endocardium. The wall is composed mainly by
muscle cells, it is vascularized and innervated, and contain also fibroblast and several other type of
cells [187].

Poss et al., in 2002, described for the first time that zebrafish is able to regenerate up to ~20% of
its heart ventricle after amputation, thus showing the most robust cardiac regenerative response in
a vertebrate [188]. The injury leads to a blood clot formation that is subsequently replaced by fibrin
and collagen to preserve the ventricular wall and seal the wound. From 7–9 days post-injury (dpi) to
the next following weeks, this fibrotic tissue is replaced by new cardiomyocytes (CM). After 60 dpi
the size and shape of the ventricle, as well as the heart beating contractile capability, gets back to
normal [189]. The use of genetic fate-mapping approaches allowed establishing that the source of the
new muscle cells is from pre-existing muscle cells, stimulated by injury to divide [190,191] but, it is
not completely clear what molecular signals are involved in this process. Few insights came from
a study of Sande-Melon et al. that identified a subset of sox10-positive cardiomyocytes within the
uninjured heart with a high capacity to contribute to the new myocardium [192]. Ablation of these
cardiomyocytes confirmed that they play an essential role during the heart regeneration.

The induction of CM proliferation is triggered and controlled by various cells and factors. The first
responders to heart injury are inflammatory cells like neutrophils, macrophages, and T-cells [193–195].
The cryoinjury procedure revealed that early macrophage invasion, rapid appearance of angiogenic
sprouts into the wound, and transient fibrosis are required for robust cardiomyocyte proliferation [182,
196–199].

Several works assessed that the epicardium is involved in multiple aspects of cardiac repair after
injury with the ability to regulate heart regeneration through secretion of soluble growth factors. Indeed,
when activated, cells from the epicardium are able to proliferate and migrate to the injury area where
they can secrete extracellular matrix components and molecules able to regulate cell proliferation and
heart regeneration [189,200–202]. Furthermore, genetic ablation of the epicardium and its derivatives,
disrupts CM proliferation and muscle regeneration, but the process renews following epicardium
recovery [202].

Information available on the signaling pathways underlying cardiac regeneration in zebrafish is
not very extensive but some of the identified factors, e.g., the Hippo pathway and its downstream
effectors, the transcriptional co-activators Yes-associated protein (YAP) and transcriptional co-activator
with PDZ-binding motif (TAZ), seems to be important in enhancing cardiac regeneration. Hereafter
we summarize the main signaling pathways know and their specific functional involvement in
cardiac regeneration.
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The FGF family is fundamental in regeneration as they initiate a downstream signaling cascade
through Ras/MAPK, Akt, and Stat signaling. Impaired heart regeneration was observed in blocked
FGF-signaling transgenic fish [203]. Additionally, FGFs stimulate neovascularization and epicardial
cell activation during the zebrafish heart regeneration [203,204]. However, the exact role of FGF ligands
directly on zebrafish cardiomyocyte proliferation remains to be determined.

The Nrg1 is an extracellular ligand that also activates Ras/MAPK signaling. It is secreted from
perivascular and epicardial cells at 7 dpi and has fundamental roles in regulating cardiomyocyte
proliferation in both zebrafish and mice. Overexpression of Nrg1 increased cardiomyocytes proliferation
after injury and inhibition of Nrg1 receptor caused reduction in cardiomyocyte proliferation after
injury [179].

Growth factors are important modulators of zebrafish heart regeneration. The insulin growth
factor (IGF) binds to receptors Igf1r and activates downstream signaling pathways that contribute to
cell growth, differentiation, and anti-apoptotic pathways. Studies have shown that Igf signaling is a
critical stimulator of cardiomyocyte proliferation [205]. Another growth factor, the platelet-derived
growth factor (PDGF) is also important in cardiac regeneration as it activates downstream pathways
involved in wound healing and proliferation. Studies have shown that PDGF ligands and receptors
play an important role in heart regeneration and they are required in coronary vasculature formation
during heart regeneration [206]. Apparently, their direct and main function in vivo is to support
angiogenesis of the regenerating heart.

Transforming growth Factor-β (TGF-β) family ligands, such as TGF-β, BMPs, and activins seem
to be key regulators in cardiomyocyte proliferation and scar formation. These factors operate through
two different classes of receptors to phosphorylate distinct Smad transcription factors, which then
complex with each other, and additional co-factors that regulate gene expression. Blocking TGF-β
receptor activin Receptor-like Kinase 5/4 (Alk5/4) resulted with a significant decrease in pSmad3
and BrdU+ cardiomyocytes near the infarct suggesting that TGF-β is required for cardiomyocyte
proliferation [207,208]. Further genetic loss-of-function mutations in activin A (inhbaa) showed a
significant decrease in cardiomyocyte proliferation after cryoinjury [209].

BMP plays also an important role as chemical inhibition or overexpression of BMP-inhibitor
noggin3 delayed muscle repair, limited CM de-differentiation and cell cycle entry, while Induced global
overexpression of bmp2b decreased the wound size [210].

Notch signaling pathway is also involved in heart development and cardiomyocyte maturation
and proliferation. In zebrafish, following amputation of ventricular apex, Notch receptor expression
becomes activated specifically in the endocardium and epicardium. Using a dominant-negative
approach, Long Zhao et al. show the exquisite sensitivity of regenerative cardiomyocyte proliferation
to perturbations in Notch signaling. They discovered that suppression of Notch signaling
profoundly impairs cardiac regeneration and induces scar formation at the amputation site.
Unexpectedly, hyperactivation of Notch signaling also suppressed cardiomyocyte proliferation and
heart regeneration [211].

Additional regeneration effectors, such as miRNAs, are suggested being able to affect cardiomyocytes
proliferation by inhibiting or activating the cell cycle [212]. Epigenetic regulation through chromatin
remodeling or histone modification has also been shown to be involved in zebrafish heart
regeneration [213] and seem to be important for cardiomyocyte regeneration.

11.3. Zebrafish as a Model of Human Regeneration

Zebrafish is a useful model for studying molecular mechanisms of regeneration [179] due to
the availability of genetic data, fully sequenced genome, readiness for genetic manipulations and
biosensor and reporter zebrafish lines [214,215]. In addition, the muscle structure and muscle-related
gene expression are highly conserved between human and zebrafish and over 70% of human genes
have a true ortholog in the zebrafish genome [216]. From a methodological viewpoint, many study on
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zebrafish regeneration employ larval stages whose transparent body allows easy tracking of structural
changes during development and regeneration of the skeletal and heart muscle tissue.

Injured human heart does not regenerate and results in irreversible loss of myocardial cells.
The damaged myocardium is replaced by fibrotic scar tissue that undermines pump function and
leads to congestive heart failure and arrhythmia. Although several works suggest cardiomyocytes
proliferation ability in the human heart [217], this process is not significant in response to injury [218]
thus not providing a complete restoration of its functions. The zebrafish is probably one of the most
important vertebrate model for studying heart developmental and regenerative properties relevant also
to mammalian heart for its impressive regeneration ability following different forms of injury [187] that
it is not based on stem cells or transdifferentiation of other cells but on the proliferation of preexisting
cardiomyocytes [190,191]. Hence, studying the zebrafish model could expand the knowledge on
cardiac regenerative processes and may contribute to the identification of specific molecules able to
regulate the proliferation of these cells. This may provide insights for the design of future therapies for
cardiac repair after myocardial infarction (MI) and other cardiac injuries in humans.

Concerning skeletal muscles, zebrafish and human share a high similarity at cellular, molecular,
histological, and ultrastructural levels. In addition to the genetic tools for the expression of pathological
phenotypes such as muscular dystrophy [219], both adult and larval zebrafish muscle have been shown
to be a valuable models to study regeneration events by exploiting the possibility of performing selective
injury of muscles while imaging morphogenetic processes using for example fluorescent reporter
lines [178,220,221]. Notably, these studies also shed light on possible factors limiting mammalians
regeneration abilities. Indeed, it has been shown that in order to allow a proper regeneration,
and differently from mammals, zebrafish heart and skeletal muscles maintain the ability to activate
specific gene regulatory networks (GNRs) in response to injury and perform epigenetic modifications
necessary to trigger regeneration. In addition, a fundamental role is also played by the immune system
whose harnessing has been shown to promote cardiac regeneration (for a review see [178]).

12. Mammals: Cell Therapy for Skeletal Muscle Regeneration

Mammalian skeletal muscle possesses a certain potential to regenerate, but this process can
be compromised in several pathological conditions (e.g., neuromuscular disease, cancer-associated
cachexia, or age-dependent sarcopenia) and following trauma the extended loss of muscle fibers cannot
be fully recovered. These events lead to a weak regeneration and formation of fibrotic scar tissue,
and result in loss of functional muscle mass. Consequently, the ability to perform intense muscular
efforts and even easy, daily-life tasks may be impaired [222–224].

In the last decades, the scientific community devoted increasing efforts to develop therapies for
the regeneration of damaged tissues in humans. This section aims at providing an overview of the
cellular strategies that have been developed for improving skeletal muscle regeneration in mammals,
particularly humans. As for the methods employed to study skeletal muscle regeneration, readers can
refer to more comprehensive reviews [7,223,225–227].

Regenerative medicine aims at promoting the formation of new functional tissue by delivering
precursor cells or bio-engineered tissue patches into the injured area. Indeed, therapeutic cells are
isolated from the donor subject, expanded in culture (if needed), integrated into an acellular synthetic
scaffold (in case of bio-engineered tissue patches), and transplanted into the recipient tissue. Although
this general procedure looks simple, the choice of the specific therapeutic strategy is very complex
due to the large number of different cell sources and implantation technologies. As for the cell source,
the immunological compatibility between donor and recipient should be taken into account. Therefore,
in the clinical setting, autologous transplantation is often preferred over the heterologous or xenologous
one [223].

Focusing on skeletal muscle regeneration, the following types of cells have been employed:
satellite cells, muscle-derived stem cells, myoblasts, mesoangioblasts, hTERT/Bmi-1- or hTERT/CD4-
immortalized muscle precursor cells, pericytes, CD133+ cells, hematopoietic stem cells, mesenchymal
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stem cells, myoendothelial cells, side-population interstitial cells, myogenic precursor cells, dental
pulp pluripotent-like stem cells, and eventually induced pluripotent stem cells (iPSCs) [228,229].
In mammalian animal models, these cells demonstrated a certain ability to proliferate both in vitro
and in vivo, and to generate functional, integrated skeletal muscle tissue [228,230]. However, the ideal
source of myogenic cells is still debated, due to a number of limitations such as the availability of
bioptic biological material, the tumorigenic risk of immortalized cells, the capacity of cells to proliferate
and graft into the host tissue, etc.

The possibility to artificially reprogram fully differentiated mammalian cells into iPSCs provides
a virtually unlimited source of pluripotent stem cells for almost every individual. Nowadays,
iPSCs represent a very useful tool for developing patient-specific regenerative therapies, thanks
to the effective and reliable protocols for the expansion and differentiation of these cells both
in vitro and in vivo [231–233]. Moreover, the opportunity to generate myoblasts, as well as different
types of cells from iPSCs, such as neurons, endothelial cells, pericytes, and to edit their genome
through CRISPR/CAS9 and TALEN technologies, further enhances their possible use for therapeutic
applications [234,235]. IPSCs are stem-like cells generated by the reprogramming of fully differentiated
somatic cells. Reprogramming strategies involve either the delivery of genetic material encoding
reprogramming factors (e.g., Oct4, Sox2, Nanog, c-Myc, Klf4, and Lin28) or the administration of
specific miRNAs or cocktail of proteins and small molecules into the somatic cells. In the latter case,
reprogramming is triggered by direct activation of the endogenous stem-cell factors. The integration of
exogenous DNA into the host genome relies on retroviruses, lentiviruses, and piggy Bac transposons;
the non-integrating DNA and RNA procedures use adenoviruses, Sendai virus, plasmids, episomal
vectors, and mRNA. Once generated, iPSCs can proliferate indefinitely in culture and differentiate into
any kind of adult somatic cell by administering the appropriate growth or differentiation factors. In
particular, the induction of myogenesis can be achieved either by expressing exogenous muscle-specific
transcription factors, such as MYOD, PAX7, and PAX3, into the cells, or by activating endogenous
pro-myogenic differentiation pathways (e.g., Wnt and BMPs signaling) by supplying, in the culture
media, specific molecules, such as GSK3b inhibitors, bFGF, FGF-2, epidermal growth factor (EGF),
DAPT, forskolin, BMP inhibitors, hepatocyte growth factor (HGF), and IGF-1 [236].

From a clinical perspective, the use of genetic manipulation, although more effective, is not safe,
due to the risk of genetic recombination. Methods based on the supplementation in the culture media
of chemical compounds prompting cell reprogramming and differentiation toward a skeletal muscle
phenotype, are preferred. It should also be considered that in vitro, the differentiation process has not a
100% efficiency. Therefore, besides myogenic cells, other cell types, such as neural cells and fibroblasts,
originate within the culture. In addition, myogenic cell at different stages of differentiation coexist in
the entire cell population and a cell sorting strategy (by means of a fluorescence-activated cell sorter)
is required to obtain a pure pool of myogenic precursor cells [237–239]. The selected population of
progenitor cells can be transplanted into the host via different methods, such as intramuscular injection,
systemic cell delivery, and microsurgical implants. Each of these methods has pros and cons and a
unique optimal strategy has not been defined yet. Indeed, systemic delivery results in a highly variable
success rate, intramuscular injection requires multiple local treatments, and implants involve more
invasive procedures.

The efficacy of these regenerative therapies strictly depends on the capacity of the transplanted
cells to engraft the injured site, survive, proliferate, differentiate, and integrate within the native skeletal
muscles. To promote the success of these therapies, specific strategies have been developed: artificial
co-administration of small molecules and growth factors such as TGF-b and myostatin inhibitors,
IGF-I, fibrin, keratin, collagen; tissue engineering and bioprinting for the generation of synthetic
scaffolds embedding myogenic cells [228]. The composition and the three-dimensional architecture of
the synthetic scaffold provide structural and functional support to the cells and promote the formation
of new, functional skeletal muscle tissue, as well as the establishment of a pool of self-renewing stem
cells [240–244].
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Although regenerative medicine applied to muscle disorders has greatly advanced, a standard for
cell-based therapeutic interventions is still lacking. At the moment, we are far away from effective
treatments promoting skeletal muscle regeneration in mammals. However, cell therapies, benefiting
from the great potential of iPSCs, genome editing, tissue engineering, and cell biology methods,
hold great promise for successful skeletal muscle regeneration.

13. Conclusions and Future Perspectives

Model organisms have always been playing a fundamental role to uncover general biological
mechanisms common also to humans and historically they have a key role in translational medicine.
In the last decades, deeper mechanistic studies of animal diversity have been made possible by the
availability of a broader and affordable toolbox of technical resources such as genomics, transcriptomic,
connectomics, and many other molecular biology techniques [245]. One emblematic example is the
introduction of CRISPR/Cas9 genome editing, which made functional approaches possible in a wider
range of so-called non-canonical model organisms. These techniques are allowing scientists to address
a broader spectrum of biological problems exploiting the diversity of animal biology [246]. For instance,
“simple” model organisms like Planarians and Echinoderms greatly benefited from these advancements
and are nowadays considered bona fide models in translational research for the possibility of performing
cell tracking and expression profiling of their tissue.

Nonetheless, the number and variety of animal species currently used in biomedical research
are still rather limited. The reason is certainly not the suitability of particular species to a specific
scientific question, but rather to the laboratory amenability (due for example to the flexibility and cost
of breeding, the animal availability, the length of life cycles, the optical transparency, the possibility
to perform genetic manipulations, etc.) and the familiarity of a critical mass of researchers with
established animal models. The result is a scenario where only a few species retain a legitimate
biomedical interest, while many others are left aside.

Nowadays, only few animal models (mainly rodents, chicken, and to some extent zebrafish) have
been suitably exploited in muscle regeneration studies and various injury protocols (e.g., surgery,
chemically induced muscle damage, genetic ablation, denervation-devascularization, intensive exercise,
etc.) have been employed [178,225,226,247–249]. Except for zebrafish, none of the animal species
presented in this review have been systematically tested for the efficacy and utility of the diverse injury
models; indeed, the main methods employed to stimulate regeneration are based on physically- (by
surgery or irradiation) and chemically-induced muscle damage, and genetic ablation.

It is important to point out that the application of a specific injury protocol in different animal
species, given their diversity in body morphology, physiology and regeneration mechanisms, may
not lead to directly comparable results. Thus, a comparative experimental approach taking into
account animal diversity is fundamental to explain the variation in regenerative capacity through
phylogeny, ontogeny, and even aging [250]. This may provide hallmarks of molecular homology
between regenerative events in the metazoans [251] as well as an explanation of the loss or restriction of
regeneration abilities occurring in some animals like D. melanogaster and C. elegans. Notably, even with
their limited regeneration abilities, these animals may supply important insights into the negative
regulation of this supposedly advantageous attribute.

In this review, we wished to provide the researchers interested in muscle regeneration with a
lookout of muscle diversity across animals, and a prospect on their regenerating potentials (see Table 1).
This work was not meant to provide ‘guidelines’ into animal selection when addressing specific
regeneration issue but to offer ‘insights’ on open questions and new standpoints. We thus gave an
overview of how cell precursors and regeneration strategies are adopted to partially or completely
restore muscular components in various clades or even in different species within a single clade.
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Table 1. Overview of muscle cell types and regenerative potentials of the animals treated in this review.
* Muscle type discussed in this review in the context of regeneration, ** Induced pluripotent stem cells,
can be derived from various species, *** Mostly repair.

Animal Species Muscle Type * REG Cell Precursor
Known Signaling

Pathways and
Molecular Players

IPSC ** Any n/a n/a MyoD, Pax7/3, Wnt and
BMPs

Vertebrates
Striated;
Cardiac yes

Satellite stem cell;
Pre-existing muscle

cells

Notch, BMP, TGF-β, IGF,
FGF family, Ngr1;

Pax3/7, Met

Tunicates
Striated,

smooth-like,
cardiac

yes Stem cells-like
precursors (?)

Notch, Nk4, Tbx1/10,
MRF

Cephalocordates
Striated,

mononucleated yes De-differentiation,
Multipotent cells

Pax3/7, Wnt/β-catenin
and BMP

Echinoderms
Smooth-like,

striated,
mononucleated

yes De-differentiation BMP/TGFB, HOX,
Ependymin, etc.

Arthropods Striated no *** Adult muscle
precursor (AMP)

Notch-Delta,
Transcription factor Zhf1

Nematodes
Striated,

mononucleated no — —

Mollusks
Striated,

mononucleated yes Sarcoblasts (?) AChE, Growth factors
(EGF, FGFs and VEGF)??

Platyhelmintes

Combine features
of both vertebrate

skeletal and
smooth muscle

cells

yes Neoblasts: Adult
pluripotent stem cells

Many known signaling
pathways such as PCGs,

Wnt/β-catenin, FGF
family, insulin/IGF-1,
Pax3/7, TGF-β, Hox

genes, etc. (see text for
references)

Cnidarians
Epitheliomuscular,

smooth yes

Hydrozoan: i-cells in
Hydractinia,

epithelial stem cells
in Hydra Anthozoan:
yet to be determined

The myogenic gene
repertoire is present in

cnidarians, but no
experimental evidence

relate them to the
myogenic trajectory

Porifera Myocytes yes
Adult stem cells

(ASC) Totypotent,
pluripotent cells

ADPRC (ADP-ribosyl
cyclase), TGF-β

We showed that the presence and nature of cell precursors giving rise to new muscles have
been addressed in most of the clades and seem to be rather heterogeneous although a proper cell
fate mapping has in many cases not yet been disclosed. In Tunicates, the sister-group of vertebrates,
we saw the involvement of putative pluri- or multipotent stem cells during regenerative processes,
and the partial co-option of embryonic myogenesis (the latter highly conserved in vertebrates) during
muscle regeneration.

We saw that cell migration and tissue re-organization are crucial for regeneration and, given their
rather ‘simplicity’, animals like Porifera, Cnidarians, and Planarians may represent valuable model
to investigate these aspects. Moreover, we saw that animals use different regeneration strategies,
e.g., epimorphosis and morphallaxis, that are equally successful and that may also coexist within the
same organism, as it happens in amphioxus, to meet tissue specific regeneration requirements. From a
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translational perspective, these examples reinforce the idea that regenerative medicine should not seek
out a ‘regeneration blueprint’ but rather a set of ‘context-dependent’ regeneration strategies.

We highlighted how the gene regulation aspect has been studied to various extents in many clades
and is particularly well assessed for Echinoderms. On the other hand, the range of epigenetic controls
has been investigated only in few species, such as zebrafish. Indeed, epigenetic studies are still at their
dawn in non-vertebrates.

Comparing the architectures of a “regeneration permissive” vs. a “non-permissive” gene
regulatory network (GRN) between closely related species, or finding signatures of epigenetic control
of regeneration can fuel the expanding field of synthetic biology or allow for an ample testing of
new classes of drug, targeting molecular and cellular mechanisms conserved in human but more
functionally testable in other animal models. In this sense, regenerative therapies might greatly benefit
from these comparative studies.

We also showed that, besides genetics and epigenetics, another key factor for a successful
regeneration in metazoans is the ‘environmental qualification’, i.e., the extracellular matrix
(ECM) structure, remodeling, composition, collagen content, cytoarchitecture, and secreted factors
influencing the heterogeneous population of cells present within the regenerating environment [2,223].
Environmental qualification is currently considered a fundamental aspect of cell engraftment during
transplantation and the lack of knowledge on this topic represent one of the current bottlenecks in
regenerative medicine. Indeed, to improve regeneration of muscle tissues, transplantation of cells
can be done through scaffolds ideally mimicking native tissues. Scaffolds can be made by natural
polymers, synthetic polymers, or even decellularized ECM that can be filled after implantation by
stem cells to restore muscle morphology. They are used to provide chemical and physical cues to
transplanted cells and to create a microenvironment niche that favor survival of the resident cells and
engraftment of the transplanted cells [223]. These study are at the forefront of tissue engineering and
aim at providing a structural and biochemical framework for regeneration. In this regard, animals such
as octopus and zebrafish can be useful models to study the cytological and histological architecture of
the regenerating environment thus providing information on how to model and enrich the regenerating
niche [109,189,251].

From a more clinical perspective, the information provided by studying and comparing different
animal models, without forgetting their phylogenetic framework, can help to address the problem of
lack of regeneration in human tissues and might eventually be used to overcome the limits of muscle
regenerative therapy.
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Abstract: In the fruit fly, Drosophila melanogaster, the larval somatic muscles or the adult thoracic
flight and leg muscles are the major voluntary locomotory organs. They share several developmental
and structural similarities with vertebrate skeletal muscles. To ensure appropriate activity levels
for their functions such as hatching in the embryo, crawling in the larva, and jumping and flying
in adult flies all muscle components need to be maintained in a functionally stable or homeostatic
state despite constant strain. This requires that the muscles develop in a coordinated manner with
appropriate connections to other cell types they communicate with. Various signaling pathways as
well as extrinsic and intrinsic factors are known to play a role during Drosophila muscle development,
diversification, and homeostasis. In this review, we discuss genetic control mechanisms of muscle
contraction, development, and homeostasis with particular emphasis on the contractile unit of the
muscle, the sarcomere.

Keywords: Drosophila; muscle; genetic control; muscle diversification; muscle homeostasis

1. Introduction

1.1. General Overview

Drosophila melanogaster, a holometabolic insect with a short lifespan, has served as a simple model
to study myogenesis [1,2] and contractile proteins [3] for decades. Myogenesis in Drosophila occurs
in two waves, one during the embryonic stage that gives rise to the larval body wall or somatic
muscles and the second during pupal development that gives rise to adult flight, leg, and abdominal
muscles [4]. All these muscles are voluntary, syncytial (multinucleate), and striated making them
similar to vertebrate skeletal muscles [5]. Multiple signaling pathways, genes, and processes are
conserved from Drosophila to vertebrates [6,7]. Muscles provide force to ensure various locomotory
behaviors such as crawling, walking, jumping, and flying in Drosophila. Thus, they need to carry
high levels of a mechanical load and are subject to constant strains, which can potentially disrupt
homeostasis. Muscle movements need to be precise and coordinated, where communication with
other tissues such as the nervous system provides critical inputs [8]. Muscles are the major reservoir
for amino acids in the body that contribute to muscle mass and protein homeostasis [9]. All muscle
functionalities require that they are correctly formed in the first place to attain a homeostatic state
in which they are physiologically active and stable. Muscle intrinsic signaling as well as signaling
from external organs contribute to muscle homeostasis. Muscles display a high degree of plasticity or
flexibility at the signaling, metabolic, myonuclear, mitochondrial, and stem cell levels.

This review is divided into three parts. The first part presents an overview of the mechanisms of
muscle contraction in Drosophila. The second part focuses on the development of the larval and adult
muscles. In the third part, we discuss the maintenance of muscle homeostasis in normal conditions and
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the adverse effects of the loss of this homeostasis in pathological conditions. Throughout the review,
the focus is on sarcomeres, which are the basic contractile units of the muscle.

1.2. Major Structural Components of the Drosophila Muscle and Their Vertebrate Counterparts

In Drosophila, muscle function is coordinated by sensory, excitatory, and mechanical inputs by its
connection to the nervous system via neuromuscular junctions and to the epidermis via myotendinous
junctions akin to vertebrate systems though they present differences, some of which are outlined below.

1.2.1. Sarcomeres

Sarcomeres are the basic contractile units of the muscle and provide the force for contraction
during movements (Figure 1). They are repetitively arranged in a regular pattern that gives a striated
appearance under the microscope to vertebrate skeletal muscles as well as Drosophila somatic, flight,
and leg muscles [10,11]. Sarcomeric length, functional domains, and many component proteins are
conserved between invertebrates and vertebrates, although studies also point to interesting differences
among species, which appear to be adaptations to individual muscle function [12–15]. Despite
structural differences in Drosophila sarcomeric proteins in comparison to vertebrate counterparts,
they have similar functional interactions and possess conserved functional domains; for example,
the PEVK domain of the Drosophila titin, Sallimus (Sls) confers elasticity similar to vertebrates [16]. Thus,
the sarcomere provides an example of nature reusing and repurposing components across evolution.

1.2.2. Myotendinous Junctions (MTJs)

In Drosophila, the MTJ is an attachment formed between the muscle and specialized groups of
tendon-like cells of ectodermal origin called tendon cells, also known as apodemes (Figure 1a). Unlike
vertebrates, Drosophila does not have an internal skeleton and tendon cells help anchor the muscles
firmly to the cuticular exoskeleton instead, which helps transmit the contractile forces to the body to
generate motion. This makes them functionally similar to vertebrate tendons despite their distinct
embryological origins, mesodermal for vertebrates and ectodermal for Drosophila [17,18]. The formation
and maintenance of the MTJ is mediated through the ECM by specific integrin heterodimers on the
muscle and tendon ends in Drosophila similar to vertebrates [19–22].

1.2.3. Neuromuscular Junctions (NMJs)

The NMJ is the point of contact between the motor neurons of the nervous system and the
muscle, which enables environmental inputs to be transmitted via synapses to the muscle (Figure 1a).
The Drosophila larval NMJ is an established model for NMJ formation and function. This NMJ
is glutamatergic and responds to the neurotransmitter glutamate unlike vertebrate NMJs that are
cholinergic and respond to acetylcholine. However, they are of particular interest owing to their
similarity to mammalian brain glutamatergic synapses that express multiple genes orthologous
to Drosophila genes and the ease with which NMJ assembly can be studied in this model [23–25].
It continues to be an active field of study with focus equally shifting to adult motor neurons formed
after metamorphosis [26,27].
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Figure 1. Schematic representation of the larval body wall or somatic muscle structure and the
sliding filament theory of muscle contraction. (a) Muscle structure with myofibrils and the network of
myonuclei, sarcoplasmic reticulum (SR), T-tubules, and mitochondria. The muscle is connected to the
nervous system via the neuromuscular junction (NMJ) and to the epidermis via the myotendinous
junction (MTJ). Myofibrils are formed of repetitive contractile units, the sarcomeres. (b) The structure
of a sarcomere and the mechanism of contraction proposed by the sliding filament theory. Ca2+ ions
released upon neurotransmitter signaling from the NMJ launch a cascade by binding to TroponinC
(TnC) on the thin filaments of sarcomeres. This Ca2+ binding causes a conformation change in
Tropomyosin (Tm) bound to actin, exposing actin’s myosin binding sites. This permits the activated
myosin motor domain to bind to actin and slide against it by utilizing the energy stored in Adenosine
Triphosphate (ATP).
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2. The Sarcomere and Molecular Mechanisms of Muscle Contraction

Voluntary muscle contraction is a highly coordinated process that depends on cooperative
signaling from sensory neurons via interneurons and motor neurons to the NMJ of the muscle [28–30].
Given that the principal muscle function is to generate movements by contracting, the sarcomeric
contractile units are indispensable for muscle function and their maintenance is crucial. The Drosophila
adult indirect flight muscle (IFM) is established as a model to study sarcomere assembly and the
functions of its components [31]. IFMs are built of multiple myofibers and have a stereotypic pattern
of sarcomeric proteins forming highly ordered myofibrils similar to human skeletal muscles allowing
the study of sarcomere malformations under mutant conditions. The IFM is also a model to study
stretch activation (SA) [32]. During SA, there is a high frequency of contraction although the nervous
system input frequency is much lower. This is possible due to the delayed increase in tension following
muscle stretching. SA is a mechanism found in all muscles though it has particular significance in
certain muscle types with rhythmic activity such as human cardiac muscles and the fruit fly flight
muscles. In contrast to the multi-fiber IFM muscles of the adult, the somatic muscles in the Drosophila
embryo and larvae are built of only one muscle fiber per muscle and present a much simpler model to
study myofibers.

A sarcomere is a specialized structure adapted for muscle contraction (Figure 1). During
myofibrillogenesis, newly formed sarcomeres align in repeating units along the length of a muscle
to form a myofibril and multiple myofibrils covered by the plasma membrane form a myofiber.
A sarcomere is built of thin-actin and thick-myosin filaments with associated proteins facilitating
contraction-relaxation cycles. The thick filaments consist of myosin polymers with each myosin
consisting of a myosin tail and two myosin heads, which are capable of attaching to actin during
muscle contraction. The two ends of a sarcomere are demarcated by a Z-disc, a huge protein complex
that anchors the thin filaments that form I-bands on either side of a sarcomere, while the thick filaments
form an A-band in the center (Figure 1). In between the two I-bands is an H-zone lacking myosin
heads and in the center of the H-zone is an M-line that corresponds to another large protein complex
that anchors the thick filaments [33].

Sarcomere function is intricately linked to other organelles such as the mitochondria [34],
myonuclei [35], sarcoplasmic reticulum (SR), and T-tubules [10,36]. The efficient function of sarcomeres
is closely coupled with the periodic arrangement of the SR and T-tubules around them [10,36–38].
T-tubules are regular tubular invaginations of the plasma membrane at each sarcomere. The membrane
organelle SR is linked to the myonuclei and T-tubules to facilitate the exchange of proteins and ions.
The SR is the major intracellular reservoir of calcium (Ca2+) ions in the muscle, which are essential for
muscle contraction. The T-tubule and SR form a specialized triad/dyad structure, which is indispensable
for correct muscle functioning by excitation-contraction (EC) coupling. This EC coupling enables the
transmission of excitation potentials from the NMJ to the SR, which triggers Ca2+ release from the
SR that in turn initiates sarcomeric sliding movements leading to muscle contraction. Apart from
Ca2+, other ions contribute to muscle contraction [39]. The Na+K+-ATPase is a Na+-K+ pump that
can pump Na+ out of and K+ into the cells against their normal concentration gradients. In muscles,
the concentration of these ions fine-tunes the force of contraction [40]. In Drosophila, muscles are one of
the major organs that express the Na+K+-ATPase α subunit [41]. One form of the Na+K+-ATPase β

subunit, Nrv1 interacts with Dystroglycan (Dg), which is part of a complex that helps transmit forces
into the muscle cell [42].

The mechanism of muscle contraction is explained by the sliding filament theory [43,44], reviewed
by Hugh Huxley [33]. This theory proposes that the myosin head domain acts as a motor and slides
against the actin filament powered by the energy stored in ATP. This sliding of the central myosin
along the thin filaments causes the two I bands on either side to come closer to each other. During
contraction, environmental inputs are transmitted by the nervous system to the NMJ leading to Ca2+

binding to the Troponin C (TnC) subunit of the Troponin (Tn) complex. This leads to the Troponin T
(TnT) subunit that binds to the actin binding protein Tropomyosin (Tm) triggering a conformational
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change in Tm, thus shifting its position on actin and exposing the myosin binding site of actin [45–47].
Myosin that is turned ‘on’ by a myosin regulatory light chain (Rlc) phosphorylation [48] liberates the
motor domains in the myosin head that were folded onto the myosin tail, thus facilitating its binding to
actin. Subsequent ATP hydrolysis and energy release, thanks to its ATPase activity, permits it to move
along the thin filament to contract the muscle. For the muscle to relax, the Troponin I (TnI) troponin
subunit inhibits the actomyosin interaction [49] so that Tm covers the myosin binding site of actin
and the myosin is switched ‘off’ and folded back onto the myosin tail [50,51]. This coordinated key
muscle function highlights the importance of ionic and sarcomeric component homeostasis in muscles,
which implies the supply and maintenance of the right quantities of the right ions and sarcomeric
components at the right time to ensure muscle functionality.

During contraction, the MTJ helps anchor the myofibrils and transmits forces [19,52].
Tight interactions between sarcomeric components ensure myofibrillar integrity and prevent
disintegration due to contractile forces. CapZ binds to the actin barbed end and links it to the
Z-disc [13] while Z-disc proteins such as the filamin Cher [53], Zasp, and α-actinin anchor the thin
filaments [54]. Similarly, the M-line protein Obscurin that associates with the thick filament [55],
Muscle LIM protein at 84B (Mlp84B) that cooperates with Sallimus (Sls) known as the Drosophila
titin [56], integrins [57], and other proteins ensure muscle integrity. Sarcomeres are subject to constant
mechanical strain due to the thin and thick filament friction and need to be consistently replenished to
ensure their function over a lifetime. Since these muscles are voluntary, they also need to be able to stop
contracting at will and go back to their natural state. Defective sarcomeric formation, maintenance,
and homeostasis are associated with muscular diseases [15,58].

3. Muscle Diversification—On the Road to Muscle Homeostasis

Muscle development is a finely orchestrated, synchronized process that occurs in spatial and
temporal coordination with the development of other communicating tissues to finally form a
homeostatic muscle. There are similarities as well as differences between Drosophila and vertebrate
myogenesis [59]. During development, each muscle diversifies to attain an identity tailored to its
specific functional requirements. The study of muscle diversification during development is of interest
in the context of homeostasis for two primary reasons:

(a) Events similar to those occurring during development need to be reinitiated to repair and
regenerate an injured muscle and reestablish muscle homeostasis [60]. This is a new field of study
in Drosophila stemming from the recent discovery of muscle satellite cells in adult flies [61].

(b) The two waves of myogenesis in Drosophila result in two homeostatic states, one in the larva and
one in the adult. The larval homeostatic states are highly dynamic given the large growth spurt
that occurs over the three larval instars. This might provide insights into mechanisms of muscle
atrophy and hypertrophy. Forkhead box sub-group O (Foxo), for example, has been shown to
inhibit larval muscle growth by repressing diminutive (myc) [62]. In mice, excess c-Myc has been
shown to induce cardiac hypertrophy [63].

3.1. Embryonic Myogenesis of Larval Muscles

Embryonic myogenesis gives rise to monofiber larval somatic muscles whose main function is
to aid in hatching and the peristaltic, crawling movements of the larvae. The embryonic and larval
somatic musculature consists of a stereotypical pattern of muscles in each segment, with 30 muscles in
most abdominal hemisegments (A2–A6) (figure in Table 1). There are fewer muscles in the posterior and
first abdominal hemisegment and a slightly different set of muscles in the three thoracic hemisegments
(T1–T3). Embryonic muscles arise from the mesoderm germ layer and their development requires
intrinsic mesodermal cues and extrinsic cues from the adjacent epidermal and neural cells. Thus,
they develop in synchrony with the development of muscle-interactors such as tendon cells and
motor neurons and need to ‘speak a common language’ to communicate for coordinated development
and maintenance.
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Somatic muscle specification and differentiation have been reviewed extensively in the
past [1,2,7,60–62] and this review presents complementary as well as new information that emphasizes
the role of developmental factors in future muscle homeostasis.

3.1.1. Muscle Diversification by the Specification of Muscle Founder Cells Expressing Identity
Transcription Factors (iTFs)

The embryo undergoes gastrulation by invagination [64], which brings the three germ layers,
the ectoderm, the somatic muscle forming mesoderm, and endoderm in juxtaposition with each
other. This helps provide extrinsic signals to the developing mesoderm. Following this juxtaposition,
the mesoderm is divided into domains by morphogenic signaling [65] giving rise to a somatic muscle
domain in which the transcription factor (TF) Twist (Twi) provides a myogenic switch [66]. Subsequently,
equivalence or promuscular cell clusters expressing the neurogenic gene lethal of scute (l’sc) form and
one muscle progenitor cell is singled out from each cluster by lateral inhibition involving Notch and
Ras/MAPK signaling [67,68]. The remaining Notch activated cells in the equivalence groups become
fusion competent myoblasts (FCMs). This process is reminiscent and coincides temporally with the
specification of neural lineages from the neurectoderm [69,70], which occurs during embryonic stages
8–11, while muscle cell identity specification occurs during stages 9–11.

The singled-out muscle progenitors divide asymmetrically to give rise to founder cells (FCs),
which are believed to carry all the information necessary to give rise to the diversity of muscle types.
Asymmetric divisions of progenitors can give rise to two FCs, an FC and a Numb negative adult
muscle precursor (AMP) or an FC and a cardiac progenitor, which subsequently migrate away from
each other [67,71,72]. Each FC contains the information to establish one muscle’s identity since it
can form correct attachments and be correctly innervated even in the absence of myoblast fusion
with surrounding FCMs [73,74]. It expresses its characteristic code of TFs known as muscle identity
transcription factors (iTFs) (Figure 2). The expression of a combinatorial code of iTFs in distinct
progenitors is the result of their spatial positioning as well as tissue specific convergence of multiple
signaling cascades [75]. For example, Wg signaling from the adjacent developing central nervous
system (CNS) is implicated in the specification of Slouch (Slou) positive FCs [76] highlighting the
importance of coordinated tissue development.
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Figure 2. Spatial and temporal expression muscle identity transcription factors (iTFs) of the larval
lateral transverse (LT) muscles. Sizes are not up to scale. Following the specification of progenitor cells
by a lateral inhibition by Notch and low Ras/MAPK activity, founder cells (FCs) expressing muscle
specific iTFs are specified for each LT muscle, LT1, LT2, LT3, and LT4 with a contribution from homeobox
(Hox) genes to specify thoracic versus abdominal identities. Each iTF has preferential binding abilities
to certain enhancers. The iTF expression is followed by the regulation of transcription and modulation
of expression of their realisator genes which establish muscle identity over the course of development.
The spatial and temporal expression of iTFs coupled with their modulation of realisator genes, which
include generic muscle genes, in collaboration with Mef2 begs the question about their contribution to
muscle homeostasis. Abbreviations: FCM: Fusion competent myoblasts; FC: Founder cells; LT: Lateral
transverse muscles; iTF: Identity transcription factor.

3.1.2. The Role of iTFs

After the initial discovery of distinct Slou expressing FCs [77], many other TFs expressed
in discrete subsets of FCs were subsequently identified and collectively named muscle identity
transcription factors or iTFs (Table 1). A loss or gain of iTF function can cause muscle loss [78,79] or
transformation of one muscle to another muscle fate [80,81] and impede muscle development [82] thus
disrupting muscle patterns. The iTFs such as Ap, Slou, Eve, Kr, Lb, and Lms are also expressed in the
CNS [78]. Many identified iTFs such as Dr/Msh, Lms, Ap, Ara, Caup, Lb, Slou, Eve, Ptx1, and Tup are
homeodomain TFs that are known to recognize similar canonical TAAT containing binding motifs, but

159



Cells 2020, 9, 1543

they could have preferential high affinity binding motifs (Figure 2), as has been shown for Slou [83]
and Caup [84]. The iTFs from other TF families are Twi, Nau, Kr, Kn/Col, Mid, Six4, Poxm, Org-1, and
Vg. Newly identified iTFs for a subset of dorsal muscles are Sine occulis (So), No ocelli (Noc), and the
cofactor ETS-domain lacking (Edl) [85], which act sequentially with their cofactors. The iTF Vg also
acts with a cofactor, Sd [86].

Table 1. The iTF expression patterns in embryonic somatic muscle founder cells.

iTF
Human

Orthologs
FCs Expressing iTF 1 References

Embryonic Somatic Muscle
Pattern

Apterous (Ap) LHX LT1, LT2, LT3, LT4, VA2, VA3 [78]

External muscles are
represented in dark brown,
intermediate muscles in a

medium shade of brown, and
internal muscles in fuchsia.

Araucan (Ara) IRX LT1, LT2, LT3, LT4, SBM,
DT1-DO3 [87]

Caupolican (Caup) IRX LT1, LT2, LT3, LT4, SBM,
DT1-DO3 [87]

Collier (Col)/Knot (Kn) EBF DA2, DA3-DO5, DT1-DO3,
LL1-DO4 [82,85,88]

Drop (Dr)/Muscle segment
homeobox (Msh) MSX DO1, DO2, LT1-LT2,

LT3-LT4, VA2, VA3 [89,90]

Even-skipped (Eve) EVX DA1, DO2 [91,92]

Krüppel (Kr) KLF
DA1, DO1, LT1-LT2,

LT3-LT4, LL1, VA1-VA2,
DO2, VL3, VO2, VO5

[87,92,93]

Ladybird (Lb) LBX SBM [94]

Lateral muscles scarcer
(Lms) - LT1-LT2, LT3-LT4 [95]

Midline (Mid) TBX20 LT3-LT4, LO1, VA1-VA2 [96]

Nautilus (Nau) MYOD DO1, DA2, DA3-DO5, DO3,
LL1- DO4, LO1, VA1 [79,85,88,97]

Optomotor-blind-
related-1 (Org-1) TBX1 LO1, VT1, SBM [98]

Pox meso (Poxm) PAX DT1-DO3, VA1-VA2, VA3 [99]

Ptx1 PITX Ventral muscles [100]

Runt DO2, VA3, VO4 [92,101]

Slouch (Slou)/S59 NKX1 DT1-DO3, VA1-VA2, VA3,
VT1, LO1 [77,80,87]

Scalloped (Sd) TEF-1
All FCs transiently,

maintained in VL1, VL2,
VL3, VL4

[86]

Vestigial (Vg) VGLL DA1-DA2, DA3, LL1, VL1,
VL2, VL3, VL4 [86]

Tailup (Tup) ISL DA1, DA2, DO1, DO2 [81]

Eyes absent (Eya) Differential temporal
expression in multiple FCs [85,102]

Six4 SIX Differential temporal
expression in multiple FCs [102,103]

Sine occulis (So) SIX DA2, DA3-DO5, LL1-DO4 [85]

No ocelli (Noc) ZNF DA3-DO5 [85]

ETS-domain lacking (Edl) - DA2, DA3 [85]
1 In the ‘FCs Expressing iTF’ column, each FC name is shown in the colour corresponding to the muscle it generates
as depicted in the figure in the column on the extreme right. FCs known to be generated from an asymmetric
division of the same progenitor cell are hyphenated. FCs with transient expression are shown in italics.

The iTF code can be hierarchic and activate other iTFs as has been shown for Org-1 that activates
Slou and Lb [98]. In addition to hierarchy, there seems to be isoform specificity in iTF expression [85].
Certain iTFs confer identity by repressing other iTFs. Dr, for example, represses Lb that is normally
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active only in the SBM muscle and Eve that is normally continually expressed in only the DA1
muscle [104], while Tup represses Col in DA2 [81]. The expression levels of one isoform of the
chromatin remodeling factor Sin3A is implicated in modulating the response to iTFs by acting on the
slou enhancer [105].

The same iTFs can be expressed in different muscles, but with different co-iTFs. The identity code
for one specific muscle subset, the lateral transverse or LT muscles, which comprises the four muscles
LT1-4, for example, is known to be set up by a combinatorial expression of Dr [89], Ap [78], Kr [93],
Lms [95], and the Ara/Caup complex [87] (Figure 2). Dr appears to directly or indirectly activate the
transcription of many LT iTFs such as Kr, ap, and itself while repressing non-LT iTFs such as col, slou,
Org-1, Ptx1, lb, and tup [83] and its expression is lost by mid embryonic stages. Only Lms is specific to all
four LT muscles while others are also expressed in other muscle subsets, although not in combination
with the same co-iTFs. This seems to be the way the iTF code is set up, where they are repurposed
in different combinations to define the identity of different muscles [81,85,88]. Even amongst the LT
muscles, each muscle has a specific combination of these iTFs (Figure 2). Some iTFs such as Lms are
persistently expressed while others such as Ap and Kr are transient. A characteristic feature of Kr is
that it is transiently expressed and subsequently lost from one of the two sibling FCs that arise from
the progenitor that expresses it [87,93].

The thoracic LT muscles have slightly different characteristics such as a different number of
myonuclei, which might depend on the iTF code along with individual iTF dynamics in conjunction
with other TFs [106]. Homeotic or Hox genes such as Antennapedia (Antp), Abdominal-A (Abd-A),
Abdominal-B (Abd-B), and Ultrabithorax (Ubx) control the muscle pattern along the anterior-posterior
axis and are thus part of the iTF code [106–108] (Figure 2). The mechanism of Hox gene regulation in
muscles could be by repressing genes specifying alternative fates by altering the epigenetic landscape
in a tissue specific manner [109]. Hox genes could also be involved in the coordination of the proper
innervation of muscles [110].

Once an FC initiates its diversification with a specific identity determined by an iTF code, it starts
differentiating by activating realisator genes acting downstream of iTFs. Some muscle identity realisator
genes have been identified. They include several muscular differentiation genes such as sallimus (sls),
Paxillin (Pax), Muscle protein 20 (Mp20), and M-spondin (mspo), which are differentially expressed in
muscle subsets to control the acquisition of specific muscle properties such as the number of myoblast
fusion events or the specific attachment to tendon cells. [111,112]. Thus, an iTF code and a downstream
realisator gene code are both essential to generate a diversity of muscle types with specific functions
and to set the foundation for muscle homeostasis.

3.1.3. Mef2, a Key Muscle Differentiation Factor and Its Interactions with iTFs

The Drosophila Myocyte enhancer factor 2 (Mef2) acts along with iTFs and their realisator genes
to cause the muscle to differentiate. Mef2, similar to its vertebrate ortholog MEF2, is indispensable
for muscle differentiation [113–115]. It has an equally important role in fully differentiated muscles
and the control of its expression and activity is dynamic. Though it is expressed in the mesoderm
during all stages, its loss of function does not prevent initial muscle specification and FC generation,
but completely blocks subsequent differentiation so that muscle cells undergo apoptosis in later
embryonic stages [116,117]. Mef2 activity levels change over time and appear to be adapted to varying
target gene expression requirements during different developmental stages [86,118]. It regulates a vast
array of muscle specific genes [119,120], sometimes in cooperation with other TFs such as Cf2 [121,122].
It is itself regulated by various mechanisms including autoregulation [123], signal and TF integration
at its specific cis regulatory modules (CRMs) [124], or post transcriptionally by highly conserved
miRNAs such as miR-92b [125]. TFs such as Twi and Lameduck (Lmd) [119,126] acting on muscle
specific CRMs and Akirin-bearing chromatin remodeling complexes [127] are known regulators of
Mef2 transcriptional activity. The RNA modifying enzyme Ten-eleven-translocation family protein
(Tet) shows a strong overlap with Mef2 expression in somatic muscles and its depletion in muscle
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precursors leads to larval locomotion defects [128] though the relationship between the two factors
is unclear.

The iTFs Vg and Sd physically interact with each other and with Mef2 either alone or in
combination [129]. Each of them has a spatially and temporally controlled expression pattern and
altering their expression levels severely affects the development of specific ventral muscles during late
stages by affecting the levels of realisator genes. Thus, iTFs could play a key role in the modulation of
Mef2 interactions. Given the central role of Mef2 in muscle development, disrupted Mef2 expression
can have deleterious consequences at all stages of muscle development and maintenance.

3.1.4. Myoblast Fusion and Myonuclear Positioning

In order to form a differentiated muscle, in the mid-stage embryo, a specific number of neighboring
FCMs fuse with the FC to form a syncytium (Figure 2). The formation of syncytial fibers by myoblast
fusion is complete by the end of stage 15 [130–132]. As fusion proceeds, the round-shaped FC becomes
a myotube that elongates, becomes polarized, and locally sends out filopodia in the presumptive area
of MTJ and NMJ formation. Fusion involves complementary cell adhesion molecules (CAMs) such as
Dumbfounded (Duf) or its paralogue Roughest (Rst) expressed on FCs [133,134] and Stick and Stones
(Sns) or its paralogue Hibris (Hbs) expressed on FCMs [135,136], respectively. They trigger a signaling
cascade, thereby modulating cytoskeleton dynamics to form a fusogenic synapse that helps integrate the
FCM nucleus into the FC/myotube. In Drosophila, the iTF code dictates the number of fusion events by
controlling the expression level of fusion genes encoding actin cytoskeleton modulators such as Muscle
Protein 20 (Mp20) and Paxillin (Pax) or the ECM component m-spondin (mspo) [112]. A recent study
provides insights into the FCM-FC transcription dynamics in a syncytial myotube [137]. FCMs appear
to be naïve and respond to the local environment that recruits them for fusion. Upon fusion, the FCM
adopts an FC transcriptional program triggered by the transcription of certain muscle specific iTFs.
However, once fusion is complete, differences in gene transcription among myonuclei within the same
muscle are observed. For example, not all myonuclei transcribe the iTFs at a given timepoint, which
could help maintain an mRNA-protein balance. Evidence from this study suggests that even after
fusion is complete the FC nucleus that seeded the muscle retains a transcriptional program that is
distinct from other myonuclei.

As fusion proceeds, at around stage 14, the nuclei of newly fused FCMs start exhibiting
characteristic movements until they are positioned peripherally to maximize the internuclear distances.
This process, also observed in vertebrate muscles [138,139], has been extensively studied in the LT
muscles in the Drosophila embryo. In these muscles the new myonuclei initially cluster into two
groups, unlike in vertebrates where nuclei cluster in the center of the myotube [140], then disperse
and are finally arranged along the periphery of the myotube. Correct myonuclear positioning is
dependent on the LINC complex [141] that links the inner nuclear membrane (INM) to the outer nuclear
membrane (ONM) and the ONM to the microtubules (MT) and the actin cytoskeleton. Mispositioned
myonuclei in Drosophila larvae cause locomotion defects, and in humans, are associated with various
diseases [142]. This is not surprising considering the close association of myonuclei with muscle
structural components such as the NMJ, MTJ, actin cytoskeleton, microtubule, SR, Golgi complex,
and T-tubules. During the larval growth spurt following hatching, myonuclei increase in size along
with the increasing muscle size by Myc dependent endoreplication to adapt transcription to muscle
functionality requirements [62].

3.1.5. Myotendinous Junction (MTJ) Formation

MTJ formation has been previously reviewed [17,143–145]. Once FCs are specified, they migrate
towards the ectoderm while tendon precursor cells are specified in the ectoderm in parallel in a muscle
independent fashion by the induction of expression of the early growth response factor (Egr)-like
zinc finger TF, Stripe (Sr). Interestingly, tendon progenitor cells in mice express the Sr orthologs,
the early growth response TFs EGR1 and EGR2 [146]. The StripeB (SrB) isoform is induced during
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the precursor stage to maintain the tendon cells in a non-differentiated state until later when they
differentiate following signals from the approaching muscles. These signals lead to an increase in the
expression of the StripeA (SrA) isoform in an integrin dependent manner by promoting stripe splicing
by the short isoform How(S) of the splice factor interactor How [147]. SrA induces the expression of
tendon differentiation markers such as short stop (shot), delilah (dei), and β1-tubulin (β1-tub). At stage 14,
tendon cells guide myotubes to their final attachment sites. The targeting of muscles to tendon cells at
stage 15 is facilitated by muscle type dependent and generic CAMs as well as signaling molecules.
These include Slit-Robo [148] in some ventral muscles, Derailed (Drl) [149] in LT muscles, Kon-tiki
(Kon), Glutamate receptor interacting protein (Grip), and Echinoid (Ed), probably involving integrin
complexes [149–152]. Once muscles target their tendon cells, integrin complexes assemble on the
muscle and tendon cells facilitated by the αPS2-βPS integrin heterodimer on the muscle end and
αPS1-βPS on the tendon cell end to stabilize the attachments [153]. Each attachment site is muscle
type specific and the iTF code could potentially modulate the expression of genes such as kon [137].

MTJ formation is complete by the end of stage 16 and is then further refined to withstand
contractile forces. Talin phosphorylation contributes to MTJ refinement [154]. This is followed by
myofibril maturation and attachment to the MTJ. Once muscles start contraction, mechanical forces
stabilize the MTJ by reducing integrin turnover [155]. The MTJ grows along with the massive larval
growth spurt following hatching.

3.1.6. Sarcomere Assembly and Myofibrillogenesis

Sarcomere assembly has been extensively studied in the Drosophila indirect flight muscles
(IFM) [31] and other invertebrate models as well as in vertebrate models and cultured human
cells [156,157]. These studies point to similarities as well as differences in vertebrate and insect
muscles. The premyofibril theory that is widely accepted for vertebrate sarcomere assembly
proposes the formation of premyofibrils along the cell periphery containing non muscle myosin,
which then incorporate muscle myosin to form nascent myofibrils that subsequently form mature
myofibrils [158,159]. In the early stages, distinct Mhc positive fibrils and I-Z-I complexes containing
thin filaments protruding from α-actinin positive central Z bodies are seen in invertebrates as well
as vertebrates [160,161]. In Drosophila, it has been proposed that the individual components of the
sarcomere are assembled separately as latent complexes and are then assembled into sarcomeres without
assembling into premyofibrils [162–164]. Most studies on Drosophila sarcomere assembly have been
using the IFM as a model and not much attention has been given to embryonic sarcomere development.

In the Drosophila embryo, sarcomere assembly is initiated at stage 17. Individual sarcomere
constituents are first assembled and then integrated into a mature sarcomere by integrin dependent
interdigitation [162]. The precise stage at which each sarcomere component is added is currently not
known. Certain sarcomeric proteins such as actin [165] and myosin [166] express sarcomere specific as
well as generic cytoplasmic isoforms with roles in other muscle components such as the MTJ. TFs such
as Mef2, Chorion factor 2 (Cf2), and E2F transcription factor 1 (E2f1) have been shown to regulate
the expression of sarcomeric genes [122,167]. Drosophila has six actin isoforms including Act57B and
Act87E that are muscle specific and incorporate into larval sarcomeres [165]. Thin filament formation
and elongation requires actin binding factors such as the Drosophila formin Dishevelled Associated
Activator of Morphogenesis (DAAM) [168] and Sarcomere length short (Sals) [169], which localize
to the growing thin filament pointed ends. Once the thin actin filament attains its final length, it is
capped by a short embryonic isoform of Tmod [169,170]. While non-muscle myosin is a component
of premyofibrils in vertebrates, this does not seem to be the case in Drosophila, which has only one
non-muscle myosin, Zipper (Zip). During stage 16, it colocalizes with PS2 integrin at muscle attachment
sites and at stage 17 when sarcomeres form, it also colocalizes to Z-discs and is essential for myofibril
formation [162,171]. PS2 integrin follows a similar expression pattern in culture with initial occurrence
at contact sites, then at Z-discs [172]. The observation of Zip association with PS2 before sarcomere
assembly is significant because myofibrils attach to the MTJ via integrin complexes with Zip acting
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downstream of PS2 signaling [52]. Therefore, it would appear that the embryo is getting individual
components ready for future integration into myofibrils.

By stage 17 of embryogenesis, several sarcomere proteins localize to Z-discs and thin and thick
filament organization and myofibril structures are seen. A knockdown of Z-disc proteins Zip, Zasp, and
α-actinin at this stage disrupts sarcomerogenesis [162], though Zasp mutant sarcomeres disintegrate
after initial correct formation. The myoblast fusion protein Rolling pebbles (Rols7) also colocalizes
to the Z-discs during sarcomerogenesis [173], but its function remains to be elucidated. Integrins are
distributed along the width of the muscle and align with Z-discs during embryonic sarcomerogenesis.
Their loss results in clumping, where I-Z-I body components stay distinct from Mhc containing
components. In addition, integrins associate with the ECM and mutant larvae for the ECM type IV
collagen Col4a1 present abnormalities in thin-thick filament interdigitation and the degeneration of
body wall muscles [162,172,174]. They are also present at epidermal muscle attachment sites along
with several Z-disc proteins. Mature sarcomeres align themselves to form myofibrils that attach to the
MTJ via the terminal Z-disc to be able to sustain muscle contractions [162,173].

Auld and Folker showed that myonuclear movements are intricately linked to sarcomere and
myofibril formation [35]. Their study showed that the Z-disc protein Zasp66, one of the Drosophila
Zasp family of proteins, localizes as puncta to the cytoplasmic face of the nuclei along with F-actin
during initial stages of sarcomerogenesis. At later stages, puncta were observed throughout the muscle.
They showed that LINC complex components such as Klarsicht (Klar) and Klaroid (Koi) coordinate
initial colocalization of puncta around the nucleus. However, Z-disc-like structures still formed and
aligned into myofibrils in LINC component depleted muscles, although they had altered morphology
suggesting a specialized role for myonuclei-associated Zasp66 puncta. sals mutants display clustered
myonuclei at muscle ends as well as myofibrils with numerous shorter sarcomeres suggesting a role
for correct myonuclear positioning in myofibril organization [169].

Embryonic myofibrillogenesis within the egg is complete by late stage 17. Asynchronous, episodic
contractions occur during the process of myofibril assembly, but coordinated contractions only occur
later after mature NMJ formation results in adequate motor inputs [175,176]. Following hatching,
during larval stages when the muscles rapidly grow in size, new sarcomeres are generated and
organized into myofibrils during an approximately five-day period [62]. In fully mature larval muscles,
T-tubules and the SR organize themselves around each sarcomere for excitation-contraction coupling
and this organization is Amphiphysin (Amph) dependent [37]. The iTF code could play a role in
modulating the muscle specific expression of sarcomeric genes, as has been shown for Vg and Sd that
form a complex with Mef2 to modulate Mef2 targets involved in sarcomerogenesis including Act57B
and Mhc [129].

3.1.7. Innervation and Neuromuscular Junction (NMJ) Formation

The development of the NMJ of larval somatic muscles has been previously
reviewed [24,25,177–179] and represents another example of intricate communication between two
different tissues. After neuroblasts differentiate into motor neurons (MNs) in parallel with FC
specification [180–182], their dendrites in the CNS are organized in a ‘myotopic map’ reflecting the
innervation pattern of their target muscles and MNs can reach target locations even in the absence of
muscles [182]. Each neuroblast expresses a characteristic code of TFs that defines its identity as is the
case for muscle FCs expressing iTFs [26]. By stage 12, MN axons fasciculate in each hemisegment within
three peripheral nerves, the intersegmental nerve (ISN), segmental nerve (SN), and transverse nerve
(TN) that extend towards specific target muscles from the ventral nerve chord (VNC). The ISN, SN, and
TN branch stereotypically as they extend growth cones towards muscles to form MN nerve branches
that further defasciculate into axons to innervate muscles. The SN nerve, for example, branches into
SNa, SNb, SNc, and SNd with a subset of MNs from the SNa innervating a muscle subset including LT
muscles [181].
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At around stage 14, each MN extends numerous filopodia from axon growth cones towards
muscles to explore their target muscles. Muscles in turn extend myopodia that cluster together on
axon growth cone arrival and intermingle with growth cone filopodia. Muscles also form lamellipodia
during innervation [183]. Target muscle recognition and contact are facilitated by muscle and MN
specific CAMs, Cell Surface and Secreted (CSS) proteins, and other proteins [184]. Certain guidance
molecules such as the homophilic Connectin (Con) are expressed in the SNa MN as well as the LT
muscles it innervates [185]. Con is also expressed in the DT1 muscle and its expression is potentially
modulated by the iTF code [137]. Some MNs and the muscles they innervate express the same iTF, as is
the case for the Eve expressing DA1 muscle and its innervating aCC MN in the ISNb [91,181,182,186].
Eve indirectly modulates the MN expression of the Netrin repulsive presynaptic receptor Unc-5 in the
ISNb [187] to guide MN axons. Upon MN contact, muscles start to accumulate Glutamate Receptor
(GluR) at synaptic zones mediated by Disks large (Dlg) to form primitive synapses in an innervation
dependent fashion [188,189]. By the end of stage 17, non-target synapses are pruned and mature
synapses form, which exhibit a stereotyped morphology of boutons with active zones for vesicle release
on the presynaptic end and novel synthesis and clustering of more GluR on the postsynaptic end [190].
Once NMJ formation is complete, muscles are ready to contract in a coordinated manner.

During larval stages, some MNs are remodeled and this is reflected in the larval CNS myotopic
map [191]. Until the third larval instar, the NMJ grows by arborization and addition of boutons,
a process that requires the gene miles to go (mtgo), which is an ortholog of mammalian FNDC3
genes [192], and integrins [193]. There is also an activity dependent refinement of the synapse mediated
by Ca2+ [194]. Tenurins, a conserved family of transmembrane proteins enriched in the vertebrate
brain that possesses glutamatergic synapses are implicated in Drosophila axon guidance as well as
synaptic organization and signaling with muscle specific expression [195].

As muscles form, abdominal adult muscle precursors (AMPs) arrange themselves in niches
between specific peripheral nerves and muscles. They form an interconnected network connecting
to each other and to the peripheral nerves by extending filopodia [196–198]. All embryonic muscle
development processes finally lead to the formation of functional larval body wall muscles that closely
communicate with the epidermis via the MTJ and with the nervous system via the NMJ to ensure
larval locomotion.

3.2. Pupal Myogenesis of Adult Muscles

Adult muscles are generated during a second wave of myogenesis during pupal metamorphosis
where most larval muscles are histolyzed. Metamorphosis marks the end of larval muscle homeostatic
states. Adult flies have a pair of wings in the thoracic segment T2 and three pairs of legs in
thoracic segments T1–T3, which are powered by specialized thoracic flight and appendicular muscles,
respectively (figure in Table 2). Adult myogenesis has been reviewed recently in [199,200]. All adult
thoracic muscles including the indirect flight muscles (IFMs), direct flight muscles (DFMs), and
leg muscles possess a multi-fiber structure similar to vertebrate skeletal muscles. However, unlike
heterogenous mammalian skeletal muscles with one muscle composed of slow and fast fiber types,
each Drosophila muscle appears to have a single fiber type. IFMs are constituted of the dorsoventral
muscles (DVMs) and the dorsal longitudinal muscles (DLMs), which facilitate upward and downward
wing strokes respectively during flight. The muscle fibers that build the IFM and leg muscles
differ in organization and morphology to adapt to different functionalities. The IFMs are fibrillar,
asynchronous muscles while the tergal depressor of the trochanter (TDT) or leg jump muscles and DFM
are tubular, synchronous muscles [201–203]. Similar to mammals, individual fiber types in the adult
fly differ in component constitution such as expressing specific myosin heavy chain isoforms [203,204].
The generation of adult muscles is initiated by a series of coordinated processes again requiring close
communication between tissues.
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3.2.1. Myoblast Pool Generation by Adult Muscle Precursors (AMPs) during Larval Stages

Embryonic myogenesis sets the foundation for adult muscle development since the asymmetric
divisions of embryonic muscle progenitor cells give rise to adult muscle precursors (AMPs) in addition
to the embryonic muscle FCs. AMPs are Notch positive, Numb negative cells that remain quiescent with
persistent Twist (Twi) expression until initial pupal stages when they get reactivated [205] and contribute
to adult muscle development. Abdominal AMPs are closely associated with the larval muscles and
with the peripheral nervous system (PNS) enabling crosstalk and providing positional cues to the
AMPs that give rise to adult abdominal muscles [196–198]. In the thoracic segments, AMPs associate
with wing and leg imaginal discs, which are epidermal cell clusters set aside in the embryo and larva
and act as precursors for the future generation of adult wings and legs, respectively [206]. During
the first and second instar larval stages, these AMPs undergo symmetric divisions giving rise to an
imaginal disc associated monolayer of Twi and Notch positive adepithelial cells. In the abdominal
segments, they proliferate while remaining associated with their muscle fibers similar to vertebrate
satellite cells [207,208]. During the third larval instar, due to the activation of Wg signaling from the
imaginal discs, AMPs undergo asymmetric divisions forming one stem cell and one Numb positive
post-mitotic myoblast where Notch signaling is inhibited [209,210]. Thus, a large pool of myoblasts is
primed for metamorphosis.

The myoblasts primed to form IFM express high levels of Vestigial (Vg), which represses Notch
and promotes IFM differentiation [211], and low levels of the TF Cut (Ct) while DFM myoblasts express
high Ct levels, with the levels being governed extrinsically by the ectoderm [212]. DFM myoblasts
also express Lms [95]. The myoblasts associated with the leg imaginal disc on the other hand express
Ladybird (Lb) similar to vertebrate limb bud myoblasts that express the Lb orthologue LBX1 [213,214],
which represses Vg. Mutant vg, ct, lms, and lb flies have severely disrupted muscle pattern or function
and they thus contribute to the adult muscle iTF code (Table 2). Vg, Lms, and Lb also act as embryonic
somatic muscle iTFs expressed in a subset of embryonic muscles [86,94,95] (Table 1). Among embryonic
myogenic factors, it was noticed that Apterous (Ap) expression defines all prospective flight muscle
epidermal muscle attachment sites in the wing disc [215]. Similar to embryonic stages, Duf positive
adult FC specification takes place by the third larval instar, but in contrast to embryos it is driven by
Heartless (Htl) mediated Fibroblast growth factor (Fgf) signaling and Hox genes [212,214,216,217].

Table 2. The iTF expression patterns in myoblasts of adult muscles.

Adult iTF
Human

Orthologs
Adult Myoblast

Expression
Embryonic iTF

Function 1 References Adult Flight and Leg Muscle Pattern

Vestigial (Vg) VGLL IFM
DA1-DA2,

DA3, LL1, VL1,
VL2, VL3, VL4

[211] Indirect flight muscles (IFM) are shown in
shades of red and the direct flight muscles

(DFM) in dark brown. Among the leg
muscles, only the tergal depressor of

trochanter (TDT) muscles are highlighted
in olive green. Other leg muscles are in a

light shade of green.

Extradenticle
(Exd) PBX IFM [218]

Homeothorax
(Hth) MEIS IFM [218]

Spalt major
(Salm) SALL IFM [219]

Erect wing
(Ewg) NRF1 IFM [220]

Cut (Ct) DFM [213,214]

Lateral
muscles

scarcer (Lms)
– DFM LT1-LT2,

LT3-LT4 [95]

Apterous
(Ap) LHX DFM LT1, LT2, LT3,

LT4, VA2, VA3 [215]

Ladybird (Lb) LBX Leg muscles SBM [214]
1 In the ‘Adult myoblast expression’ column, names are shown in the colour corresponding to the muscles they
generate as depicted in the figure in the column on the extreme right. Embryonic FCs known to be generated from
an asymmetric division of the same progenitor cell are hyphenated.
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3.2.2. Histolysis of Larval Muscles, Adult iTF Code Refinement, and the Contribution of AMPs

During pupal stages, most of the larval muscles are histolyzed in the thoracic as well as abdominal
hemisegments [221,222]. Myoblasts generated from AMPs either fuse with non-histolyzed larval
muscle scaffolds to which they associate or give rise to adult muscles de novo [221]. In the T2
mesothoracic segment, three larval dorsal oblique muscles, DO1, DO2, and DO3 escape histolysis and
serve as templates for the formation of the DLMs while the DVMs and leg muscles are generated de
novo. At the end of the third larval instar, the myoblasts start expressing the muscle differentiation
factor Mef2 in an ecdysone dependent manner [123]. As with embryonic myogenesis, adult muscle
formation is seeded by FCs, with the number of FCs generated corresponding to the number of muscles
they will seed [217]. The DLMs are an exception where the three remnant larval muscles serve as FCs
and express the marker Duf. Nevertheless, if the larval muscles giving rise to adult DLMs are ablated
they still form muscles de novo by an innervation dependent process, although with aberrations [223].

During early pupal stages myoblasts start migrating. MNs play a significant role in initial adult
myogenesis by regulating myoblast proliferation during the second larval instar and subsequent
myoblast migration during pupal stages. In denervated flies, DVM muscle formation is severely
compromised and it leads to the reduction in DLM size when using larval muscles as templates whereas
if larval templates are ablated, their de novo formation is abolished [223]. In the abdominal segments,
myoblasts migrate and associate with nerves to form adult muscles [224]. In the thoracic segments,
the wing and leg discs evaginate and myoblasts migrate along them to reach their destinations where
adult muscles are generated. The myoblasts either fuse with FCs or with larval templates using
a similar machinery to embryonic myoblast fusion to form fully differentiated adult muscles by
36 h after puparium formation (APF). Muscles extend as they fuse and attach to the MTJ on either
end [221,225,226].

Apart from Vg, Ct, and Lb that act as adult muscle iTFs (Table 2) to confer myoblast identity in the
imaginal discs during larval stages, the expression of the embryonic iTF Ap is initiated during pupal
stages in myoblasts that will give rise to the DFM but not IFM in addition to epidermal attachment
sites [215]. Unlike the embryonic FCs, it is expressed in adult FCMs instead of adult FCs, but similar
to the embryonic FCs they contribute to the same muscle’s iTF code along with Lms. This hints
at specific muscle patterning information derived from these iTFs. Ap is necessary for the correct
formation of DFMs and continues to be expressed in fully formed DFMs. It is also necessary for IFM
attachment by regulating Stripe (Sr) expression which, similar to the embryo, is essential for adult
muscle attachment. In lms mutants, the wing disc Vg domain is expanded and although muscles
seem normal, the adult wings exhibit a held-out phenotype suggesting contraction abnormalities [95].
As fusion begins, the IFM FCs also express the adult iTFs Extradenticle (Exd), Homeothorax (Hth), and
Spalt major (Salm), which genetically interact to specify a fibrillar versus tubular fate by regulating
fiber specific gene expression and splicing regulated by Arrest (Aret) [201,218,219]. The iTF Erect wing
(Ewg) also significantly contributes to IFM identity [220].

3.2.3. MTJ Formation

The wing and leg imaginal discs generate Sr positive tendon-like precursor cell clusters starting
from the third larval instar until the beginning of pupation. Sr expression is initiated by Notch
signaling [227,228]. Leg muscles attach to the internal tendons on one end and the tendon cells in
the exoskeleton on the other end. At about 3 h APF, the leg disc Sr positive tendon precursor cells
invaginate into an evaginating leg disc and are closely associated with myoblasts that give rise to leg
muscles [18]. Disrupting tendon precursors also disrupts myoblast localization. The epidermal tendon
precursor cells’ shape changes to form tubular structures during invagination giving rise to internal
tendons to which each leg muscle attaches on one end with tendon specificity. DLM muscles that
form by the splitting of remnant larval muscles extend filopodia on either end as they grow and split.
Still in the process of splitting, their filopodia interdigitate with those of their target tendon cells and
initiate MTJ formation that requires Kon, integrins, Tsp, and Talin similar to embryos. DLM filopodia
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disappear after a mature MTJ forms by 30 h APF and tendon cells elongate due to tension [163]. In the
abdomen, MTJ maturation follows a similar process but is complete only by 40 h APF [229].

3.2.4. Sarcomere Assembly

Similar to embryos, premyofibrils are absent in DLM muscles. Mhc positive complexes are
observed throughout the muscle by 26 h APF and assemble rapidly and synchronously across
the entire muscle into myofibrils at 30 h APF immediately following tension generated by MTJ
maturation [163,230]. This myofibril assembly fails in the absence of muscle attachment. The terminal
Z-disc attaches to the MTJ mediated by integrins and IAPs [52]. Myofibrils are refined to regular arrays
of sarcomeres over the next several hours where more sarcomeres are added. DLM myofibrils are
flanked by MT arrays during initial stages of assembly that are dissembled by the end of pupation.
The myofibril length then increases without other structural changes to reach its final length shortly
after eclosion [231]. In the IFM, distinct transcriptional dynamics are associated with different stages of
myofibrillogenesis, with the iTF Salm contributing to the transition after 30 h APF and its expression
is maintained to establish IFM fate [230,232]. A similar sequence of myofibrillogenesis occurs in
abdominal muscles that form mature MTJ by 50 h APF when myofibril assembly synchronously
starts and is refined further to form the transversely aligned sarcomeres seen in abdominal muscles.
Thin and thick filament complexes appear separately, then start interdigitating to form immature
myofibrils by 46 h when muscles have stably attached to MTJ and exhibit spontaneous contractions.
They subsequently assemble into ordered myofibrils by 50 h APF and are refined over the next several
hours to begin coordinated contraction [229].

During IFM sarcomere assembly, thin filaments elongate from their pointed ends as is the case
during embryonic myogenesis [170]. They initially form a dispersed pattern by the polymerization of
actin into nascent thin filaments which become regularly patterned after 30 h APF. At this time, active
incorporation of actin at both ends of the thin filament and further refinement and growth occurs by
new actin monomer incorporation at the pointed ends of thin filaments and the formation of new thin
filaments at the sarcomere periphery. Tmod and Sals that are located to pointed ends are necessary for
thin filament length control [170,233]. The nebulin repeat containing protein Lasp regulates thin filament
length by regulating its stability [234]. The Drosophila formin Fhos mediates thin filament assembly
by initially regulating actin monomer incorporation into thin filaments during mid pupal stages and
then localizes near Z-discs to facilitate radial growth of thin filament arrays to increase myofibril
diameter [233]. In Drosophila, IFM thick filaments are associated with many insect-specific proteins such
as myofilin [235], arthrin which is a ubiquitinated actin [236], paramyosin [237], minipramyosin [238],
and flightin [239,240] not found in vertebrates, which could represent proteins adapted for flight [241].
The insect and IFM specific protein flightin is implicated in regulating the thick filament length by
associating with myosin filaments as they grow [242,243]. Z-disc formation fails in the IFM if actin lacks
its α-actinin binding domain showing the importance of sarcomere component interdigitation [244].
A downregulation of Sls results in smaller Z-discs around which a normal thick filament assembly
occurs with abnormally long thick filaments at the periphery lacking the Z-disc [164,245]. As myofibrils
grow, the Z-disc protein Zasp controls the final myofibril diameter by switching to growth restricting
isoforms [246]. After complete myofibril growth, coordinated contractions can be initiated after mature
NMJ formation.

3.2.5. Innervation and NMJ Formation

Embryonic neuroblast lineages undergo a second larval wave of neurogenesis where embryonic
neuroblasts are re-specified to give rise to adult MN lineages whose dendrites are organized in a
‘myotopic map’ within the CNS that reflects the innervation pattern of their target adult muscles
similar to embryonic/larval stages [247–250]. MNs innervate adult muscles in a stereotypical pattern.
For DLMs generated from larval templates, the primary larval ISN branch remains while secondary
branches are initially retracted, and extensive new branching is generated as the muscles fuse with
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adult myoblasts and then split. Initial nerve arrival is muscle independent, but subsequent nerve
branching occurs only in the presence of the target muscle [251]. Among DVMs, DVM I and DVM
II are innervated by new branches arising from the larval ISN while the larval SN innervates DVM
III [251,252]. The 14 leg muscles are innervated by around 50 MNs arising from specific neuroblasts
in the CNS in a stereotypical pattern [250]. Following initial innervation, the NMJ is formed by
extensive branching and synapse formation. The glial cells at the IFM NMJ express the glutamate
Drosophila Excitatory Amino Acid Transporter 1 (dEAAT1) unlike during other stages for efficient
neurotransmission [253]. Muscle iTFs contribute to correct innervation since malformed muscles cause
MN branching aberrations as has been shown for Ewg [220].

In the end, a stereotypical muscle pattern along with stereotypical innervation generates fully
functional adult muscles.

3.2.6. Programmed Cell Death Following Eclosion of New Adults

Some larval abdominal muscles persist through metamorphosis and are used for the eclosion of
new adults. These muscles degenerate after eclosion along with associated nerves [254].

4. The Maintenance of Muscle Homeostasis

4.1. Muscle Homeostasis under Normal Conditions

Functional larval somatic muscles and adult muscles represent two different homeostatic states
during the fly lifetime. The embryonic wave of myogenesis takes only one day leading to the formation
of functional larval muscles, which undergo continuous growth and refinement during the larval stages
spanning five days. Larval muscle homeostasis needs to be coordinated with larval growth during the
three larval instars until metamorphosis to ensure functional stability. Following metamorphosis and
the pupal wave of myogenesis over a period of five days, adult flies eclose from their pupae and adult
muscle homeostasis needs to be maintained during the fly lifespan of several weeks.

The stereotypical muscle pattern is associated with iTFs and their realisator genes that also exhibit
tightly controlled spatial and temporal expression patterns in larval and adult muscles. Therefore,
some of the iTFs can play a key role in the maintenance of muscle specific homeostasis by regulating the
levels of key myogenic factors such as Mef2 as well as the expression of realisator genes [111,112,129,137]
(Figure 2). The control of the level of activity of the key differentiation TF Mef2 is quintessential
throughout the fly lifetime since this in turn controls the muscle specific levels of its vast array of
target genes [118,129]. In the embryo, various genes were shown to require different Mef2 activity,
with early expressing genes such as Act57B requiring lower levels compared to late expressing genes
such as Mhc [118]. In the adult, the development and maintenance of the adult DLM muscles have
been observed to be sensitive to the levels of Mef2 as well as its antagonist Holes in muscles (Him).
Tubular adult muscles such as the TDT and DVM muscles seem to require lower Mef2 activity than the
fibrillar DLM muscles since RNAi lines affect these muscles differently [255,256]. TFs such as Cf2 and
E2f1 acting along with Mef2 could also contribute to setting the muscle homeostatic state [122,167].
A study identified putative Cf2 and Mef2 binding site clusters for multiple sarcomeric genes including
Mhc, Tm1, Tm2, up, wupA (or TnI), and paramyosin (Prm) [122]. On Cf2 depletion, the stoichiometry of
proteins such as TnT, TnI, and Prm was found to be altered and this imbalance worsened over the
course of development. Another study detected E2f binding site enrichment upstream of myogenic
genes such as how, sals, Tm1, Mef2, etc. This study also showed that E2f1 depletion altered the gene
expression levels of Tm2, Act88F, Mlc2, how, and Mef2 [167].

One hallmark of muscle homeostasis in Drosophila larval and adult muscles is the expression of
fiber specific protein isoforms. Many sarcomeric genes switch between embryonic, larval, and/or adult
isoforms during development, with different muscle types also exhibiting isoform specificity. Isoform
switching usually occurs by switching to a predominant isoform. Embryonic Mhc transcripts contain
exon 19, which is spliced out of adult versions and results in a different carboxy terminal [242,257].
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Embryonic isoforms lack the functionality for the high ATPase rate and sliding velocity required for
adult muscles [258]. The IFM muscles initially express an Mhc isoform containing exon 19 and switch
to the adult exon 18 containing isoform during late stages of myofibril assembly [242]. A shorter
embryonic/larval isoform of the pointed end capping protein Tmod is associated with actin during
pupal sarcomere assembly and there is a switch to a longer Tmod isoform in eclosed adults [170]. Adult
Drosophila muscles express fiber specific actins, with Act88F being expressed in the IFM and Act79B
in the TDT, for example [202]. Two IFM specific Tm1 isoforms are expressed in adult flies [259,260].
Kettin is the predominant Drosophila titin isoform in embryos and the IFM muscles switch to the
IFM specific predominant long Sls(700) isoform [245]. Zasp52 and other Zasp proteins also switch to
adult isoforms [246,261], with Zasp52 expressing an exon 8 containing isoform absent in embryos, but
present in the IFM and TDT. Obscurin expresses a single larval isoform and two IFM isoforms [262].

Isoform switches are potentially associated with cis regulatory modules (CRMs) that seem to be
arranged in sequential modules mirroring developmental expression and regulation by different TFs
and cofactors. Marin et al. identified an upstream regulatory element (URE) and an intronic regulatory
element (IRE) in intron 1 of the wupA (or TnI) gene that acted synergistically and was capable of
driving LacZ tagged TnI expression. Mas et al. identified similar elements in the up (or TnT) gene [263].
They showed that these elements synergistically interact in larval muscles, whereas the contribution of
the IRE is higher in adult muscles. In addition, they showed that there was decreasing IRE contribution
from the IFM to the jump muscles to the visceral muscles [264]. Garcia-Zaragoza et al. followed up
on this study and identified the URE and potential IRE elements of Tm1, Tm2, and Mhc. Tm1 was
previously shown to be coordinately regulated by two intronic enhancers in cooperation with Mef2 and
its interactor PAR domain protein 1 (Pdp1) [265–267]. Mature muscles need to ensure the activation
and maintenance of the correct protein isoforms [268] since aberrant isoform expression impedes
muscle function. For example, transient overexpression of a shorter Tmod isoform during mid-to late
IFM assembly leads to normal length thin filaments at the periphery of the myofibrils that are correctly
capped by the long Tmod isoform. However, they exhibit shorter core thin filaments within the
myofibril caused by the permanent association of the shorter Tmod at their pointed ends, which cannot
be dynamically uncapped to permit thin filament elongation. Therefore, this prevents its elongation
causing defective sarcomeres that interfere with flight during adult stages [170]. The embryonic Mhc
isoform fails to substitute for the IFM isoform due to different physiological properties [258,269].

Post transcriptional mechanisms such as phosphorylation could potentially contribute to muscle
homeostasis. Thin and thick filament disruptions, for example, are associated with concomitant flightin
phosphorylation deregulations [239]. Tm1 IFM isoforms are phosphorylated only in adult flies, which
could have functional implications [260]. Impaired Talin phosphorylation leads to severe muscle
detachment at late embryonic stages [154]. This means the right CRM regulatory mechanisms as well
as post translational mechanisms such as phosphorylation [48,270] need to be dynamically maintained
since specific protein domains are necessary for muscle specific functionality [269,271,272].

The accumulation of insoluble protein aggregates in the muscle is associated with protein aggregate
myopathies (PAM) and in Drosophila, p38b deficiency leads to the deposition of polyubiquitinated
protein aggregates in adult thoracic muscles and to locomotor defects [273]. Loss of components of the
proteasome, which mediate protein turnover were shown to cause protein aggregates and progressive
muscle atrophy in larval muscles [274]. Ubiquitin protein ligases such as Mind bomb 2 (Mib2) and
Ubiquitin protein ligase E3A (Ube3A), which tag proteins for proteasomal degradation, have been
associated with muscle defects. The loss of function of mib2 was shown to trigger embryonic muscle
apoptosis [275] and the over or under expression of Ube3a alters larval NMJ neurotransmission with
associated altered number of active zones [276]. Proteostasis is thus integral to muscle maintenance.
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Muscle contraction is associated with multiple biochemical and morphological changes as well
as large mechanical strains. This necessitates efficient mechanisms to withstand these forces to
prevent muscle disintegration during contraction and to reinstate the stable muscle state (Figure 3).
Protein stoichiometry is integral to sarcomere integrity since varying the expression levels of one
protein has a cascading effect on the levels of other sarcomeric proteins leading to altered muscle
functionality [277,278]. Sarcomeric integrity during contractions is maintained by components
such as Mlp84B, Cher, small heat shock proteins (sHsps) such as dCryAB and Hsp67Bc and
integrin-mediated adhesions. Mlp84B localizes to the Z-disc and genetically interacts with Sls.
Mlp84B-Sls transheterozygotes exacerbate individual mutant phenotypes disrupting myofibrillar
integrity [56]. Cher also interacts with Sls in addition to actin stably anchoring them to each other [53].
In addition, Cher interacts physically with dCryAB and a disruption of this interaction affects
sarcomeric integrity [279]. The chaperone Hsp67Bc also colocalizes to the Z-disc although its function
is unknown [280]. Integrin mediated adhesions maintain sarcomeric integrity and reduced adhesion
results in the progressive age-dependent loss of sarcomeric cytoarchitecture [57]. Integrin and IAP
stoichiometries at the MTJ are important to respond to different types of forces [166]. The myonuclear
LINC complex and associated components such as Msp300 and Spectraplakin, which regulate MT
organization, play a role in myonuclear maintenance by providing elasticity to resist contractile forces
with the help of the MT network that surrounds it [281–283]. In addition, Msp300 associates with
the Z-disc and keeps the mitochondria and SR anchored to the Z-disc during contractions [284].
Its presence around myonuclei near the larval NMJ also regulates glutamate receptor density to control
locomotion [285].

NMJ activity perturbations lead to homeostatic synaptic plasticity, which enables compensatory
modulations of the NMJ synaptic strength to resist these perturbations and stabilize synaptic activity.
Lifelong synaptic plasticity ensures efficient neurotransmission of signals at the NMJ. The NMJ adapts
various homeostatic mechanisms to maintain appropriate muscle function levels [286–289]. Mutants
for endophilin (endo) exhibit tremendous synaptic overgrowth, but the overall synaptic strength is
stabilized by reducing the active zone number in synaptic buttons, which modulates neurotransmitter
release [286]. The NMJ adapts a homeostatic scaling mechanism called presynaptic homeostatic
potentiation (PHP), where there is a compensatory increase in neurotransmitter release to maintain
muscle excitation in response to abnormally reduced GluR on the postsynaptic end. This compensation
appears to be associated with an uncharacteristic multilayer ring of electron dense T-bars in active
zones to increase the neurotransmitter release [289]. The PHP maintenance has been shown to require
inositol triphosphate (IP3) directed signaling [290]. During the larval growth spurt, NMJ homeostasis
needs to be maintained even though the presynaptic end grows slower than the muscle surface that
tends to accumulate GluRs. Ziegler et al. showed that the amino acid transporter, Juvenile hormone
Inducible-21 (JhI-21) is a gene that coevolved with GluRs, is expressed at presynaptic ends and plays a
role in suppressing excess GluR accumulation [288].

The close association of the mesoderm with other germ layers right from the embryonic stage
and the continued association with epidermal and nervous tissues over the fly lifetime highlights the
importance of coordinated intrinsic and extrinsic signaling for homeostasis.
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Figure 3. Maintenance of myofibril integrity and homeostasis. The integrin complex links the myofibrils
to the MTJ via the extracellular matrix (ECM) and senses the forces transmitted by the MTJ. Integrins
and Integrin Associated Proteins (IAPs) constitute the integrin complex. Integrin complex turnover and
constitution are adapted to the forces sensed during contraction. The dense microtubule (MT) network
anchored to the myonuclei by the Msp300 ring associated with the LINC complex on the nuclear
envelope provides myonuclear elasticity during contractions to prevent disintegration of myonuclei
and dissociation of the myofibril network. Msp300 in the Z-disc ensure regular spacing of organelles
such as mitochondria and the SR for contractions. Z-disc and M-line components provide anchorage
and elasticity to ensure sarcomeric integrity.
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4.2. Re-Establishment of Muscle Homeostasis Following Muscle Injury

Muscle regeneration has not been described in the larva. However, the larval stem cell-like
AMPs that are capable of differentiating and giving rise to adult muscles were noted to have
similarities to vertebrate muscle stem cells (MuSCs), also known as satellite cells. Similar to MuSCs,
the Notch pathway [209,291] and zinc-finger homeodomain 1 (Zfh1), the Drosophila homolog of
the vertebrate ZEB1/ZEB2 [292,293], maintain the AMPs in an undifferentiated state and they are
capable of self-renewal by asymmetric divisions [209,294]. In addition, they are capable of fusion
with existing larval muscle remnants during the formation of DLM muscles, which is reminiscent of
muscle repair. It was initially thought that all muscle stem cell-like cells or AMPs are depleted during
adult muscle formation and thus adult muscles were believed to lack regenerative capacity. Recently,
Chaturvedi et al. identified a population of Zfh1 positive adult stem cells closely apposed to the adult
muscle, which appear to possess the ability to proliferate and contribute to muscle regeneration upon
injury [61] similar to vertebrate MuSCs [293]. Boukhatmi and Bray subsequently showed that Notch
directly regulates Zfh1 to antagonize the differentiation of these cells by expressing a short Zfh1 isoform
transcribed from an alternate promoter that is not subject to regulation by the conserved micro RNA,
miR-8 [292]. Using the G-TRACE method for cell lineage analysis, their study showed that these cells,
which they termed population of progenitors that persist in adults or pMPs, were mitotically active
and incorporated into adult muscles even under normal conditions. Thus, they reiterated that these
cells contributed to adult muscle homeostasis. Since this is a recent discovery, further studies could
provide insights into the extent of repair in Drosophila adult muscles and the mechanisms involved in
re-establishing and maintaining muscle identity and homeostasis.

4.3. Muscle Homeostasis under Pathological Conditions

Multiple studies in Drosophila models have reproduced defects observed in human pathological
conditions and could provide important insights into disruptions of muscle homeostasis under
pathological conditions. Many myopathies and neuromuscular disorders are associated with or
even caused by myonuclear defects and others are associated with sarcomeric defects leading to
muscle dysfunction, wasting, and/or degeneration. Drosophila models exist for multisystemic disorders
such as Myotonic Dystrophy Type 1 (DM1) that is caused by CTG expansions in the Dystrophia
Myotonica Protein Kinase (DMPK) gene leading to the sequestration of RNA binding proteins such as
MBNL1 in nuclear foci [295,296]. This causes a disruption of muscle homeostasis as indicated by the
progressive muscle degeneration observed in the IFM muscles in a model expressing 480 CTG repeats.
The Dystrophin (Dys)-Dystroglycan (Dg) transmembrane complex at the plasma membrane acts as
a crucial signaling mediator by relaying information to and from muscles to interacting tissues via
the ECM. Mutations in genes constituting this complex or their interactors thus cause a disruption of
homeostasis, thereby causing diseases such as Duchenne Muscular Dystrophy (DMD) where there is
muscle wasting. In Drosophila, Dg was shown to be under miRNA regulation by miR-9a to ensure
correct MTJ formation [297]. Large scale genetic and interactome screens in Drosophila have identified
factors affecting muscle integrity such as stress response components [298] and components of the
Hippo signaling pathway [42].

Laminopathies are disorders caused by mutations in the human LMNA genes which code for
lamins present in the INM providing structural support and regulating gene expression. One Drosophila
model revealed increased reductive stress due to the nuclear translocation of Nrf2, which is normally
sequestered in the cytoplasm and released only during oxidative stress [299]. Chandran et al.
observed a loss of muscle proteostasis in a Drosophila model of laminopathies and corroborated this
by RNA-seq analyses of human muscle biopsy tissues. Interestingly, they were able to rescue the
muscular phenotypes by the modulation of the AMPK pathway which could present future therapeutic
directions [300]. Apart from laminopathies, other myopathies such as Centronuclear Myopathies
(CNM) are associated with myonuclear positioning defects [301]. Muscle development studies in
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Drosophila are beginning to unveil mechanisms for myonuclear positioning and factors that disrupt
this [141,284,302,303].

Other studies in Drosophila are providing insights into pathological features caused by disruptions
in sarcomeric components. Muscular phenotypes caused by a mutation in the Tm2 gene was found
to be rescued by a suppressor mutation in the wupA gene coding for TnI [304]. Drosophila models
exist for myosin myopathies such as Inclusion Body Myopathy Type 3 and Laing Distal Myopathy
(LDM). A study has shown that the formation of large aggregates in muscles similar to those seen in
human patients with ZASP mutations is caused by an imbalance in the levels of Zasp isoforms [246].
Dahl-Halvarsson et al. showed that the overexpression of the Thin protein, a homolog of the human
TRIM family of proteins that is implicated in maintaining sarcomeric integrity, could alleviate LDM-like
phenotypes [305].

5. Discussion

In vertebrates, the loss of skeletal muscle homeostasis is the cause of various muscular disorders.
Studies in vertebrate systems are complicated by the presence of large gene families for multiple
genes. Drosophila is a simple model organism with various conserved pathways and genes to study
muscle homeostasis while at the same time mostly having one to a few genes orthologous to large
vertebrate gene families that perform functions similar to vertebrate genes. Thus, it appears that genes
are reused/repurposed over the course of evolution instead of ‘reinventing the wheel’. Drosophila
muscle development has been studied for decades. The embryonic somatic muscles being uni-fiber
muscles present a simple model to study development since all muscles have been well characterized
along with their specific attachment sites and innervating MNs [143,180]. The IFM muscles have been
equally well characterized [31,221,252]. In addition, a large number of tools are available in Drosophila
to study in vivo mechanisms [306].

A better understanding of developmental and post developmental processes would help us gain
a better understanding of the mechanisms of maintenance and disruption of homeostasis. The short
life cycle of the fruit fly facilitates the quick and detailed study of processes making it a valuable
model for the study of factors that initiate, maintain, and disrupt muscle homeostasis. The study of
muscle regeneration following muscle injury, where developmental processes need to be re-initiated,
represents an example of how the Drosophila model could help understand the mechanisms of muscle
homeostasis. Some potential therapeutic targets have been unveiled by studies in Drosophila models of
myopathies [300,305]. The recent discovery of stem cell-like cells associated with adult muscles is an
exciting new direction of research to study muscle regeneration and homeostasis [61]. In vertebrates,
aging is related to a depletion of the MuSC population leading to sarcopenia or age-related gradual
loss of muscle mass and function [307] that is also characteristic of pathological conditions such as
DMD [308]. The short life span of the Drosophila model presents a huge advantage to study homeostatic
disruptions during aging.

Large gaps exist in our understanding of pathological mechanisms and simpler models could
provide valuable insights and therapeutic directions. In Drosophila, although a lot of attention has been
given to the major muscle components including the sarcomeres, MTJ and NMJ, muscle organelles
that play an equally central role such as the SR, T-tubules, golgi complex, and transport vesicles have
received lesser attention, although myonuclei are beginning to be studied in detail. Given the detailed
characterization and tools available for this established model system that has already helped advance
research [309,310], it would continue to serve as an important backbone for research into various
physiological processes including muscle development and homeostasis.
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Abstract: The age-related decline in skeletal muscle mass, strength and function known as ‘sarcopenia’
is associated with multiple adverse health outcomes, including cardiovascular disease, stroke,
functional disability and mortality. While skeletal muscle properties are known to be highly
heritable, evidence regarding the specific genes underpinning this heritability is currently inconclusive.
This review aimed to identify genetic variants known to be associated with muscle phenotypes
relevant to sarcopenia. PubMed, Embase and Web of Science were systematically searched (from
January 2004 to March 2019) using pre-defined search terms such as “aging”, “sarcopenia”, “skeletal
muscle”, “muscle strength” and “genetic association”. Candidate gene association studies and
genome wide association studies that examined the genetic association with muscle phenotypes in
non-institutionalised adults aged ≥50 years were included. Fifty-four studies were included in the
final analysis. Twenty-six genes and 88 DNA polymorphisms were analysed across the 54 studies.
The ACTN3, ACE and VDR genes were the most frequently studied, although the IGF1/IGFBP3,
TNFα, APOE, CNTF/R and UCP2/3 genes were also shown to be significantly associated with muscle
phenotypes in two or more studies. Ten DNA polymorphisms (rs154410, rs2228570, rs1800169,
rs3093059, rs1800629, rs1815739, rs1799752, rs7412, rs429358 and 192 bp allele) were significantly
associated with muscle phenotypes in two or more studies. Through the identification of key
gene variants, this review furthers the elucidation of genetic associations with muscle phenotypes
associated with sarcopenia.

Keywords: genotype; genetic variation; muscle phenotypes; sarcopenia; aging

1. Introduction

Sarcopenia refers to the progressive deterioration in skeletal muscle mass, strength and physical
function with advancing age [1]. The simultaneous presence of low muscle strength, muscle mass
and/or physical function forms the diagnostic basis of the recommendations from the European
Working Group on Sarcopenia in Older People [2]. These criteria are strong predictors of a multitude of
adverse health outcomes, such as cardiovascular disease [3], functional disability [4], fall incidence [5],
hospitalisation [6], stroke [7] and mortality [8]. Up to 10% of individuals aged 60–69 years are affected
by sarcopenia, with this proportion rising considerably to 40% for adults over 80 years of age [9,10].
The fundamental loss of independence and susceptibility to additional diseases caused by sarcopenia
also places a significant burden on public health systems worldwide. This burden is anticipated to
grow considerably in coming decades, in line with increases in longevity and the consequent rise in

Cells 2020, 9, 12; doi:10.3390/cells9010012 www.mdpi.com/journal/cells191



Cells 2020, 9, 12

the proportion of elderly [11]. Thus, the consequences of age-related muscle deterioration will become
increasingly relevant globally.

While sarcopenia is generally more prevalent among individuals over the age of 60, strong
evidence suggests that pronounced changes in muscle tissue begin from around 50 years of age [12].
From this age, muscle mass and strength begin to deteriorate at an annual rate of 1–2% and 1.5–5%
respectively [12–14]. Developing an understanding of why and how skeletal muscle deteriorates from
this age will be critical to reducing the burden of sarcopenia for patients as well as public health systems.

Currently, it is known that inter-individual variation in muscle phenotypes may be attributed
to genetic factors, environmental factors and/or, gene-environment interactions [15,16]. While
environmental factors such as physical activity, protein intake [17], sleep quality [18], smoking
status [15] and alcohol consumption [19] have been shown to affect muscle phenotypes, heritability
studies have highlighted the importance of genetic factors in determining inter-individual variability
in skeletal muscle traits [20,21]. These studies have found that genetic factors account for 46–76%
and 32–67% of fat-free mass (FFM) and muscle strength variability, respectively [20,21]. Additional
longitudinal studies have observed heritability estimates of 64% for change in muscle strength with
advancing age [22]. However, while the overall heritability of skeletal muscle phenotypes is well
established, the genetic mechanisms underpinning this heritability remain unclear.

Thus, developing a deeper understanding of genetic associations underpinning skeletal muscle
phenotypes is of paramount importance in the development of effective treatment interventions to
manage age-related changes in muscle structure and function. Furthermore, understanding the genetic
mechanisms regulating muscle accrual and loss will help facilitate early screening for susceptibility
to sarcopenia, which could allow for preventative measures to be implemented prior to predicted
muscle degradation.

Therefore, the purpose of this systematic review was to identify and synthesize the genetic variants
associated with muscle phenotypes relevant to sarcopenia in humans.

2. Materials and Methods

Reporting followed the Preferred Reporting Items for Systematic Reviews and Meta-Analyses
(PRISMA) statement [23].

2.1. Literature Search and Eligibility Criteria

2.1.1. Inclusion and Exclusion Criteria

To be included in this review, studies had to meet the following criteria:

1. Published between January 2004 and March 2019.
2. Full English text available.
3. Participants must be non-institutionalised human adults, aged 50 years or above.
4. Subjects must have been free from any significant cardiovascular, metabolic or musculoskeletal

disorders at the time of the study.
5. Candidate gene association study or genome wide association study (GWAS).

2.1.2. Search Strategy

A systematic literature search of three online databases, PubMed, EMBASE and Web of Science,
was conducted on 18 March 2019, for the period between January 2004 and March 2019. This time
limit ensured the inclusion of the most pertinent literature. Search terms were selected based off
the PEO framework and combined using Boolean operators (“AND”, “OR”). Filters were used to
limit results to those using human subjects, written in the English language and published within the
desired time-frame. The search strategy used was as follows: (“ageing” OR “aged” OR “elderly” OR
“older persons” OR “community dwelling”) AND (“sarcopenia” OR “skeletal muscle” OR “muscle
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phenotype” OR “muscle mass” OR “muscle atrophy” OR “muscle strength” OR “grip strength” OR
“physical performance” OR “muscle quality” OR “lean mass”) AND (“single nucleotide polymorphism”
OR “genetic polymorphism” OR “allele” OR “genetic variation” OR “gene variant” OR “mutation” OR
“genes” OR “chromosome” OR “genetic predisposition” OR “genetic susceptibility”) AND (“genetic
association studies” OR “genome-wide association study” OR “GWAS” OR “candidate gene study” OR
“genotype” OR “haplotype” OR “heritability”). The scope of the online search was further expanded
by assessing bibliographic references of the eligible full text articles for relevant studies.

2.2. Study Selection and Data Extraction

Following the removal of duplicates, titles and abstracts were screened for relevance to the
scope of this review. To determine inclusion in this review, the full text of every potentially relevant
article was scrutinised for overall content and compliance with the eligibility criteria outlined above.
The following data were extracted from each eligible article: authors, year of publication, study design,
studied population (number, ethnicity, nationality, sex), gene name, polymorphism, muscle phenotype,
main findings of the study.

2.3. Phenotypes

Phenotypic outcomes included in this systematic review were skeletal muscle mass, muscle
strength, physical function and sarcopenia prevalence.

2.4. Quality Assessment

The quality and risk of bias of the included studies were assessed using the Quality of Genetic
Association Studies (Q-Genie) tool [24]. The Q-Genie tool consists of 11 items that cover the
following areas: “rationale for study”, “selection and definition of outcome of interest”, “selection
and comparability of comparison groups”, “technical classification of the exposure”, “non-technical
classification of the exposure”, “other source of bias”, “sample size and power”, “a priori planning of
analysis”, “statistical methods and control for confounding”, “testing of assumptions and inferences
for genetic analysis” and “appropriateness of inferences drawn from results”. Each area was rated
using a 7-point Likert scale (“1 = poor”; “2”, “3 = good”; “4”, “5 = very good”; “6”, “7 = excellent”).
The overall quality of the included articles was classified by collating the scores for each theme. Studies
with control groups were classified as “poor quality” if the score was ≤ 35, “moderate quality” if the
score was > 35 and ≤ 45, and “good quality” if the score was > 45. For studies without control groups,
scoring ≤ 32, > 32 and ≤ 40, and > 40 reflected classifications of “poor quality”, “moderate quality”
and “good quality”, respectively.

3. Results

3.1. Search Strategy

The systematic search of the online databases identified 771 papers. Following the addition of
filters, removal of duplicates and screening for eligibility, 48 studies remained. Six additional articles
were retrieved through the manual search of reference lists, leaving a total of 54 articles to be included
in this systematic review. Figure 1 highlights the identification and selection process in accordance
with the PRISMA statement.
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Figure 1. PRISMA flow chart presenting the identification and selection process of articles.

3.2. Quality Assessment

A detailed quality classification for each article is displayed in Table 1. Studies scored between
33 and 50 in the Q-Genie checklist. For studies with control groups (n = 12), five were classified as
“moderate quality” and seven as “good quality”. For non-control group studies (n = 42), 17 were
classified as “moderate quality” and 25 as “good quality”.

Table 1. Q-Genie quality assessment scores for the included studies.

Studies
Items

Total
1 2 3 4 5 6 7 8 9 10 11

Arkin, et al., 2006. [25] 4 4 N/A 4 4 3 3 5 4 5 4 40
Bahat, et al., 2010. [26] 4 4 3 4 3 3 3 4 5 4 4 41
Barr, et al., 2010. [27] 5 3 N/A 4 5 2 4 5 5 4 5 42

Bjork, et al., 2019. [28] 4 4 N/A 5 4 3 5 5 5 4 4 43
Buford, et al., 2014. [29] 5 4 3 4 5 3 3 4 6 4 6 47

Bustamante-Ara, et al., 2010. [30] 6 5 N/A 6 5 4 2 4 5 3 5 45
Charbonneau, et al., 2008. [31] 5 5 N/A 6 5 4 2 5 5 3 4 44

Cho, et al., 2017. [32] 4 4 N/A 5 4 3 3 3 4 3 4 37
Crocco, et al., 2011. [33] 5 5 N/A 5 4 3 5 5 5 4 3 44

Da Silva, et al., 2018. [34] 5 4 3 5 4 3 2 4 4 3 5 42
Dato, et al., 2012. [35] 6 5 N/A 5 4 3 4 5 4 4 5 45

De Mars, et al., 2007. [36] 6 5 N/A 5 4 3 3 5 5 4 5 45
Delmonico, et al., 2007. [37] 4 4 N/A 2 3 3 2 4 4 3 4 33
Delmonico, et al., 2008. [38] 5 3 N/A 3 4 3 5 4 5 3 4 39
Garatachea, et al., 2012. [39] 6 5 N/A 7 6 4 2 3 5 3 5 46
Giaccaglia, et al., 2008. [40] 5 5 5 5 4 5 3 4 5 5 4 50
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Table 1. Cont.

Studies
Items

Total
1 2 3 4 5 6 7 8 9 10 11

Gonzalez-Freire, et al., 2010. [41] 5 5 N/A 5 4 3 2 3 4 4 5 40
Gussago, et al., 2016. [42] 5 6 4 5 4 3 3 5 4 4 5 48

Hand, et al., 2007. [43] 5 4 N/A 6 5 3 3 4 6 3 5 44
Heckerman, et al., 2017. [44] 5 4 N/A 5 5 4 2 4 5 5 4 43
Hopkinson, et al., 2008. [45] 4 5 3 4 4 3 3 3 4 4 4 41

Judson, et al., 2010. [46] 5 4 N/A 5 5 2 4 3 4 4 4 40
Keogh, et al., 2015. [47] 5 4 N/A 5 4 3 2 4 3 4 5 39

Klimentidis, et al., 2016. [48] 4 4 N/A 2 4 4 5 5 5 4 4 41
Kikuchi, et al., 2015. [49] 5 4 3 4 4 4 5 5 5 4 5 48
Kostek, et al., 2005. [50] 5 5 N/A 5 5 3 3 4 5 4 5 44
Kostek, et al., 2010. [51] 5 3 3 5 4 2 3 5 5 4 5 44

Kritchevsky, et al., 2005. [52] 5 3 N/A 5 4 4 5 4 5 4 5 44
Li, et al., 2016. [53] 5 6 N/A 4 4 3 5 4 5 3 4 43

Lima, et al., 2011. [54] 5 3 4 5 3 4 3 4 5 4 5 45
Lin, et al., 2014. [55] 5 4 3 5 3 4 4 5 5 4 5 47
Lin, et al., 2014. [56] 5 5 4 5 4 3 3 5 5 5 4 48

Lunardi, et al., 2013. [57] 4 6 N/A 4 3 3 4 5 4 3 5 41
Ma, et al., 2018. [58] 6 5 N/A 5 5 4 5 4 5 3 4 46

McCauley, et al., 2010. [59] 5 5 N/A 5 3 4 3 4 3 3 5 40
Melzer, et al., 2005. [60] 5 5 N/A 4 2 3 4 4 4 4 5 40
Mora, et al., 2011. [61] 4 3 N/A 4 4 4 3 4 5 4 5 40
Onder, et al., 2008. [62] 5 4 N/A 4 4 3 2 5 3 4 4 38
Pereira, et al., 2013. [63] 5 3 N/A 4 4 4 4 3 4 3 5 39
Pereira, et al., 2013. [64] 6 4 N/A 6 4 4 4 5 5 4 5 47
Pereira, et al., 2013. [65] 6 5 N/A 6 5 3 3 5 5 4 5 47
Prakash, et al., 2019. [66] 4 4 3 5 5 3 4 5 4 5 4 46

Roth, et al., 2004. [67] 5 5 N/A 4 3 3 5 4 5 4 5 43
Skoog, et al., 2016. [68] 6 5 N/A 4 3 3 3 4 4 3 5 40

Tiainen, et al., 2012. [69] 6 5 N/A 4 3 4 2 3 3 3 4 37
Urano, et al., 2014. [70] 5 4 N/A 5 3 4 4 4 5 4 5 43

Verghese, et al., 2013. [71] 5 4 N/A 4 3 3 5 4 4 4 5 41
Walsh, et al., 2005. [72] 5 5 N/A 5 4 4 2 4 5 4 4 42

Wu, et al., 2014. [73] 5 5 N/A 4 4 3 4 4 5 3 4 41
Xia, et al., 2019. [74] 5 5 N/A 4 3 4 4 4 5 3 6 43

Yang, et al., 2015. [75] 5 4 N/A 4 3 4 3 4 5 4 5 41
Yoshihara, et al., 2009. [76] 3 4 N/A 3 3 3 4 3 4 3 3 33

Zempo, et al., 2010. [77] 4 4 N/A 3 3 4 3 4 5 4 4 38
Zempo, et al., 2011. [78] 5 4 N/A 3 3 3 4 4 5 4 4 39

Items: 1: Rationale for study, 2: Selection and definition of outcome of interest, 3: Selection and comparability
of comparison groups, 4: Technical classification of the exposure, 5: Non-technical classification of the exposure,
6: Other sources of bias, 7: Sample size and power, 8: A priori planning of analysis, 9: Statistical methods and
control for confounding, 10: Testing of assumptions and inferences for genetic analyses, 11: Appropriateness of
inferences drawn from results. Scoring: 1 to 7, 1 being poor and 7 being excellent. N/A: not applicable.

3.3. Study and Subject Characteristics

Of the 54 studies included in this systematic review, 35 were cross sectional studies while the
remaining 19 were longitudinal. A comprehensive description of the characteristics of the cross-sectional
studies are presented in Table 2. Of the longitudinal studies, 11 were intervention studies while 8 were
observational follow-up studies. The average intervention length was 21.3 weeks (range 10–72 weeks)
while the average follow-up was 4.2 years (range 1–10 years). Table 3 presents a detailed description of
the characteristics of the longitudinal studies. Out of the 54 studies, 53 were candidate gene association
studies and the remaining article was a genome-wide association study.
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A total of 38,112 subjects participated across the 54 studies. Of these, 24,890 (65.3%) were female
and 13,222 (34.7%) were male. Thirty-two studies included Caucasians, 13 assessed Asian subjects and
the remaining nine studies included Hispanic and African-American participants. As described in the
inclusion criteria, all subjects were older than 50 years of age. Thirteen studies included subjects over
50 years of age, 22 studies recruited subjects over 60 years of age and 19 studies included individuals
aged 70 years or older.

3.4. Phenotypes and Genotypes

Of the included studies, 26 reported skeletal muscle mass outcomes, 39 studies included muscle
strength testing, 27 articles analysed physical function and six examined sarcopenia prevalence. A full
description of the phenotypic outcomes in each study are presented in Tables 2 and 3.

In total, 88 DNA polymorphisms in or near to 26 different genes were analysed across the
54 studies included in this review. The Alpha-actinin 3 (ACTN3), Angiotensin Converting Enzyme
(ACE), and Vitamin D Receptor (VDR) genes were the most frequently researched, present in 14, 13
and nine articles, respectively. For clarity and ease of interpretation in the present review, genes are
categorised into three main groups: hormone genes, growth factor and cytokine genes and structural
and metabolic genes.

3.5. Synthesis of Results

3.5.1. Hormone Genes

VDR

Nine studies analysed the association between VDR polymorphisms and muscle phenotypes.
The first, conducted in 2004 by Roth et al. [67], highlighted a significant association between the rs2228570
(Fok1) polymorphism and FFM. Male FF homozygotes had significantly less FFM, appendicular fat-free
mass (AFFM) and skeletal muscle index (SMI) compared to f allele carriers (p = 0.002, p = 0.009,
p = 0.001 respectively). Furthermore, when classified as sarcopenic, FF carriers were at a two-fold
higher risk of being sarcopenic when compared to carriers of the f allele (p = 0.03). Hopkinson et al. [45]
also found significant interactions between the rs2228570 polymorphism and muscle phenotypes with
male FF homozygotes displaying significantly lower knee extensor (KE) strength than f allele carriers
(p = 0.007). Similarly, Xia et al. [74] found subjects carrying one or more F alleles to have significantly
lower handgrip (HG) strength, and FFM (p= 0.03, p= 0.04 respectively). Furthermore, these individuals
had a significantly higher risk of sarcopenia than ff homozygotes (p = 0.03). In contrast, a study
conducted by Gussago et al. [42] found FF homozygotes to have significantly greater HG strength than
f allele carriers (p = 0.021).

Significant associations were also identified between the rs1544410 (Bsm1) polymorphism and
muscle performance phenotypes although, in keeping with the above findings, results were conflicting.
In a study conducted by Onder et al. [62], bb homozygotes were significantly less likely to fall than
carriers of the B allele (p = 0.02). Similarly, in 2010, Barr et al. [27] found females who were homozygous
for the b allele to have a significantly lower risk of falling than Bb/BB carriers. These individuals also
performed significantly better in the rise from chair and power tests when compared to carriers of
B allele (p = 0.03, p = 0.044 respectively). Contrarily to the above studies, Bahat et al. [26] found KE
strength to be significantly higher in BB homozygotes compared to carriers of one or more b alleles
(p = 0.038).

Additional VDR polymorphisms rs7136534 and rs7975232 (Apa1) were significantly associated
with fall incidence and HG strength respectively (p = 0.002, p < 0.05) [28,73]. No significant associations
were found for the rs731236 (Taq1) polymorphism.
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Other Genes

Genes encoding the androgen receptor (AR), thyrotropin-releasing hormone receptor (TRHR) and
receptor activity-modifying protein 3 (RAMP3) were also shown to associate significantly with skeletal
muscle traits (Tables 2 and 3) [57,66,72].

3.5.2. Growth Factor and Cytokine Genes

IGF1 and IGFBP3

The interaction between the Insulin-like Growth Factor 1 (IGF1) gene and muscle phenotypes was
particularly evident in the intervention studies (Table 3). Both Kostek et al. [50] and Hand et al. [43]
demonstrated that carriers of one or more 192 alleles achieved significantly greater KE strength
improvements in response to resistance training (RT), compared to non-carriers (p = 0.02, p < 0.01).
However, in a cross-sectional study conducted by Mora et al. [61], no significant differences were
observed in muscle strength between carriers and non-carriers of the 192 allele (p = 0.024).

Significant associations were also noted for polymorphisms rs35767 of the IGF1 gene and rs2854744
of the Insulin-like Growth Factor Binding Protein 3 (IGFBP3) gene. Kostek et al. [51] observed black
females carrying the CC genotype of the rs35767 polymorphism to have significantly less total FFM and
muscle cross sectional area (CSA) than TT carriers (both p < 0.05). Furthermore, male CC homozygotes
performed significantly worse in the single leg chair stand test than carriers of the T allele (p < 0.05).
In a study conducted by Yang et al. [75], CC carriers of the rs2854744 polymorphism had a 4.3 times
higher risk of having low SMI compared to AA carriers (p < 0.05).

CNTF and CNTFR

Two studies examined the Ciliary Neurotrophic Factor (CNTF) and Ciliary Neurotrophic Factor
Receptor (CNTFR) genes (Table 2). In 2006, Arking et al. [25] observed five DNA polymorphisms
(rs948562, rs1800169, rs550942, rs4319530, rs1938596) of the CNTF gene to be significantly associated
with HG strength (p < 0.05). Further haplotype analysis revealed the null allele (A) of rs1800169 to
fully explain this relationship under a recessive model. Individuals homozygous for the A allele had
3.8 kg lower HG strength than G allele carriers (p < 0.01). Interestingly, De Mars et al. [36] found
only G/A carriers of the rs1800169 polymorphism to have significantly lower KE strength than G/G
or A/A carriers (p = 0.0229). Additionally, male T allele carriers of the rs3808871 polymorphism
produced significantly higher KE and knee flexor (KF) isometric torque at 120◦ when compared to CC
homozygotes (p < 0.05). Furthermore, females who carried the T allele of the rs2070802 polymorphism
produced greater KF concentric torques than the A/A homozygotes (p = 0.04).

TNFα

Three studies were included in this review which investigated the Tumour Necrosis Factor
Alpha (TNFα) gene, each with significant findings. In 2013, Pereira et al. [65] observed that G allele
homozygotes of the rs1800629 polymorphism achieved significantly faster timed up and go (TUG)
test results in response to 10 weeks of RT compared to A allele carriers (p < 0.001). Additionally,
Tiainen et al. [69] found the A allele of the rs361525 polymorphism to be associated with a significantly
better physical performance level compared to GG homozygotes (p < 0.001). Finally, Li et al. [53]
highlighted the interaction between the A allele of the rs1799964 polymorphism with either the G
allele of the Tumour Necrosis Factor Beta (TNF-β) rs909253 polymorphism or the A allele of the TNF-β
rs1041981 polymorphism to result in significantly lower handgrip strength among females (p = 0.005,
p = 0.006 respectively).
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Other Genes

Polymorphisms rs2276541 of the activin A type IIB receptor (ACVR2B) gene, rs3807987 of Caveolin
1 (CAV1) gene and rs1805086 of the Myostatin (MSTN) gene were all significantly associated with FFM
(Table 2) [41,49,56].

3.5.3. Structural and Metabolic Genes

ACTN3 (The Sprint Gene)

In this review, fourteen studies were included which examined the association between the
ACTN3 rs1815739 (R577X) polymorphism and skeletal muscle phenotypes. Carrying the X allele was
often associated with lower baseline muscle strength and function (Table 2). For example, in a study
conducted by Kikuchi et al. [48], homozygosity for the X allele was associated with significantly poorer
performance in the chair stand test compared to RR carriers (p = 0.024). Ma et al. [58] also found XX
homozygotes to perform significantly worse in HG strength (p = 0.012), 5 m walk (p = 0.011) and TUG
(p = 0.039) tests and to also have a significantly higher frailty index (p = 0.004). Similar results were
observed by Judson et al. [46] in a group of 4163 females where RX and XX genotypes were significantly
associated with fall incidence (p = 0.049, p = 0.02 respectively). In contrast, Delmonico et al. [37] found
female XX homozygotes to have significantly higher absolute and relative KE peak power and peak
velocity than carriers of the R allele (p < 0.05).

Individuals carrying the XX genotype were also shown to have significantly lower improvements
in one repetition maximum (1RM) bench press and leg extension, vertical jump and sit-to-stand
performance in response to speed and power training when compared to RR carriers (all p < 0.05) [63].
Pereira et al. [64] also demonstrated XX carriers to have significantly poorer improvements in 10 m
sprint times in response to high speed and power training compared to RR homozygotes (p = 0.044).
Similarly, female XX carriers were observed to have significantly lower improvements in relative KE
peak power following RT compared to RR homozygotes (p = 0.02) [37]. In the male population, change
in absolute KE peak power post RT approached significance when comparing RR and XX genotypes
(p = 0.07) [37]. In contrast to the above studies, Delmonico et al. [38] found male XX homozygotes had
a significantly greater increase in 400 m walk time when compared to RX/RR carriers (p = 0.03).

In a study conducted by Zempo et al. [77] XX homozygotes were observed to have significantly
lower thigh muscle CSA compared to RR carriers (p = 0.04). Interestingly, in a secondary analysis
comparing a middle age group with an old age group, XX homozygosity was only associated with low
thigh muscle CSA in the old age group (p < 0.05), suggesting that the influence of ACTN3 deficiency
is heightened with age [78]. Similar results were noted in 2017 by Cho et al. [32], where sarcopenia
prevalence was significantly associated with the XX genotype (p = 0.038). In contrast, Lima et al. [54]
found X allele carriers to have significantly more relative total FFM than RR homozygotes (p = 0.04).

Three studies found no significant differences in muscle phenotypes between ACTN3 rs1815739
genotypes [30,39,59].

ACE

The relationship between the ACE rs1799752 (insertion/deletion) polymorphism and skeletal
muscle traits has been extensively investigated since the original study of Montgomery et al. in
1998 [79]. Thirteen articles are included in this review. Firstly, Charbonneau et al. [31] found that
carriers of the DD genotype had significantly greater total FFM (p < 0.05) and lower limb muscle
volume (p = 0.01) than II homozygotes. Similarly, in a study of 246 Brazilian females, Lima et al. [54]
noted DD homozygotes to have a significantly greater SMI than I allele carriers (p = 0.044). These
findings were further strengthened by Da Silva et al. [34], who demonstrated sarcopenia prevalence
to be significantly higher in II genotype carriers compared to D allele carriers (p = 0.015) (Table 2).
Interestingly, Lima et al. [54] showed that in response to RT, only ACE II homozygotes significantly
increased AFFM (p < 0.001).
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The II genotype was also associated with lower muscle strength and functional performance.
For example, within a group of 431 Japanese individuals, Yoshihara et al. [76] found II homozygosity
to be associated with significantly lower HG strength compared to D allele carriers (p = 0.004).
Homozygosity for the I allele was also shown to associate with significantly poorer performance
in the 6-min walking test and 8 ft TUG test (p = 0.008, p < 0.001 respectively) when compared
to ID/DD genotypes. Furthermore, in response to RT, DD carriers achieved significantly greater
improvements in 1RM bench press and sit-to-stand performance (p = 0.019, p = 0.013 respectively) [63].
Giaccaglia et al. [40] also found that DD genotype carriers achieved significantly greater improvements
in concentric KE strength in response to RT compared to II homozygotes (p < 0.05). Similarly,
Pereira et al. [64] observed that DD homozygotes became significantly quicker performing 10 m sprints
(p = 0.012) compared to II carriers. Buford et al. [29] also reported that a 12-month exercise intervention
evoked significant improvements in 400 m walking speed (p = 0.018) and short physical performance
battery test (SPPB) scores (p = 0.015), but only in D allele carriers. Interestingly, II homozygosity was
also significantly associated with developing mobility limitation at a 45% faster rate when compared to
ID/DD carriers (p = 0.01) [52].

As with the ACTN3 rs1815739 genotypes, three studies found rs1799752 genotypes to have no
significant influence on skeletal muscle traits [30,39,59].

APOE

Three studies demonstrated significant associations between the Apolipoprotein E (APOE) gene
and muscle phenotypes (Table 3). A 6-year follow-up study conducted by Melzer et al. [60] found
that e4 carriers displayed significantly slower gait speed and chair stand performance (p = 0.006,
p = 0.015 respectively) at baseline and significantly slower chair stand performance (p = 0.034) at
the end of the 6-year follow-up, compared to e3 carriers. The APOE e4 allele was also shown to be
associated with a significantly larger decline in HG strength between the ages of 75 and 79 over a
4-year period, compared to non-carriers (p = 0.015) [68]. Furthermore, carriers of the e4 allele had
significantly lower HG strength at age 79 compared to non-carriers (p = 0.006). Interestingly, the effect
of the e4 allele on HG strength was significantly larger at age 79 than age 75 (p = 0.033), suggesting
that the e4 allele becomes increasingly influential with age. In a 3-year follow-up study conducted
by Verghese et al. [71], males carrying the e4 allele showed a significantly more rapid decline in gait
speed and greater risk of disability than male non-carriers (p = 0.04, p = 0.007 respectively).

UCP2 and UCP3

Three studies reported significant interactions between Uncoupling Proteins 2/3 (UCP2/3)
polymorphisms and skeletal muscle traits. Firstly, in a group of 432 Caucasians, Crocco et al. [33] found
carriers of the CC genotype of the UCP3 rs1800849 polymorphism to exhibit significantly lower HG
strength than carriers of the T allele (p = 0.010). Dato et al. [35], then showed that individuals carrying
the AA genotype of UCP3 rs11235972 polymorphism have significantly lower HG strength than GG
homozygotes (p < 0.001). In 2015, Keogh et al. [47] demonstrated that GG carriers of UCP2 rs659366
polymorphism perform significantly worse in the 8 ft TUG test compared with AA/GA genotypes
(p = 0.045). However, post RT intervention, GG homozygotes of UCP2 rs659366 had the greatest
improvements in 8 ft TUG performance (p = 0.023).

Genome-wide Studies

Other genes that demonstrated significant associations with muscle phenotypes included the
PR domain containing 16 (PRDM16) gene, Zinc finger protein 295 (ZNF295) gene and C2 calcium
dependent domain containing 2 (C2CD2) gene (Tables 2 and 3) [44,70].

Moreover, a recent GWAS by Hernandez-Cordero et al. [80] evaluated genetic contribution to
ALM in the UK Biobank dataset, comparing middle-aged (38–49 years) and elderly (60–74 years)
individuals. A total of 182 genome-wide significant regions, many with multiple variants within them,
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were associated with ALM in middle-aged individuals. Of these, 78% were also associated with ALM
in elderly individuals. Variants at three genes, VCAM, ADAMTSL3 and FTO, had previously been
associated with lean body mass in the UK Biobank [81]. Hernandez Cortez et al. also confirmed,
in vitro, a functional role for CPNE1 and STC2 in myogenesis. In addition, the study highlighted
five genomic regions, containing multiple genes, that are associated with muscle mass in both mice
and humans.

4. Discussion

To the best of the authors’ knowledge, this is the first systematic review to collate literature on
genetic associations with muscle phenotypes relevant to sarcopenia. To date, most research targeting
genetic associations with muscle phenotypes has not focused on elderly subjects, and thus, the genetic
mechanisms underpinning the age-related changes in skeletal muscle traits are largely uncharted.

Given that the deterioration of skeletal muscle with advancing age can have profound consequences
for patients and public health systems, improving our understanding of how genes influence this
process is of paramount importance. This review has enhanced our knowledge surrounding the
key genes and gene variants that may prove crucial in further developing our understanding of the
pathogenesis of sarcopenia and improving prognosis and treatment interventions alike.

4.1. Summary of Findings

The systematic literature search identified 24 genes and 46 DNA polymorphisms whose expression
was significantly associated with muscle phenotypes in older adults. Ten of these DNA polymorphisms
(rs154410, rs2228570, rs1800169, rs3093059, rs1800629, rs1815739, rs1799752, rs7412, rs429358 and 192
bp allele) were significantly associated with muscle phenotypes in two or more studies. The complex
and multifactorial mechanisms underpinning muscle regulation suggest that the accrual and loss of
muscle mass and muscle strength is not reducible to one single gene or gene variant. The dynamic
interactions between inhibitory and promotory pathways within the human body further highlight the
importance of a holistic approach when considering genetic associations with skeletal muscle traits.

Nevertheless, the findings of this systematic review demonstrate that the most compelling current
evidence in the field exists for the ACTN3, ACE and VDR genotypes.

4.1.1. ACTN3 (The Sprint Gene)

The ACTN3 gene is among the most extensively researched genes in relation to muscle phenotypes,
and appeared most frequently within this review. The ACTN3 protein encoded by the ACTN3
gene forms an integral part of the sarcomere Z-line in fast twitch muscle fibres and further aids in
coordinating myofiber contractions [82,83]. Up to 20% of humans are deficient in this protein, due
to homozygosity for the premature stop codon at the rs1815739 polymorphism [84]. This significant
proportion of ACTN3 deficiency among the population suggests that X allele status is a key factor
in variability in muscle phenotypes. In this regard, much of the research surrounding the ACTN3
genotype has focused on athletic performance [85]. Association studies have repeatedly found reduced
X allele frequency among elite sprint/power athletes [85–87]. This suggests that the presence of ACTN3
is crucial for the optimal generation of force. Considering that fast twitch muscle fibres are particularly
susceptible to age-related atrophy [88], it is plausible that regulation of this protein may also be an
important factor in understanding age-related changes in muscle phenotypes. To date, however,
limited research has been conducted within elderly populations, with the result that the true impact of
the ACTN3 gene on age-related changes in muscle phenotypes remains inconclusive. Despite this,
fourteen of the studies included in this review examining the ACTN3 genotype reported promising
findings. Carriers of the X allele were often found to display lower skeletal muscle mass, strength and
functional abilities. This was particularly evident among the Asian population. All five cross-sectional
studies that examined Asian participants found significant associations between X allele status and
muscle phenotypes [32,48,58,77]. No such association was found in the other three cross-sectional
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studies that targeted Caucasian individuals [30,39,59], therefore suggesting ethnicity may determine
the degree to which ACTN3 genotypes effect aging muscle. This coincides with existing research
whereby X allele frequency and fast twitch fibre composition have been shown to vary across different
ethnic groups [89–92]. The Asian population have the highest frequency of the X allele [89], while
having the lowest percentage of fast twitch muscle fibres [90–92], two likely contributing factors
in the ethnic group having the highest sarcopenia prevalence globally [93]. Unlike above, X allele
status was significantly associated with training adaptation within Caucasian, North-American and
South-American individuals. Thus, the inconsistencies within this review highlight the need for future
research to provide clarification on how ethnicity, ACTN3 genotypes and muscle phenotypes are
associated within the elderly.

4.1.2. ACE

Like the ACTN3 gene, the ACE gene has been widely researched within athletic populations, and
knowledge within older populations is limited. There are, however, compelling molecular pathways
controlled by the ACE gene that suggest its importance in age-related changes in muscle phenotypes.
The ACE is expressed by skeletal muscle endothelial cells, and catalyses the production of angiotensin
II, known to enhance skeletal muscle hypertrophy [94,95]. To date, research in relation to muscle
phenotypes has centred around the ACE rs1799752 polymorphism. The D and I alleles have been
associated with higher and lower ACE activity respectively [96–98]. The D allele is suggested, therefore,
to associate with greater muscle performance. To support this hypothesis, recent studies have focused
on the rs1799752 polymorphism in elite athletes, with interesting findings. The I allele has been
repeatedly associated with endurance performance, while the D allele associates with strength/power
capabilities [99,100]. Findings from this systematic review further strengthen these observations. The D
allele was consistently associated with higher baseline muscle strength and functional performance,
as well as greater improvements in muscle strength and function in response to RT. Evidence of the
association between the ACE rs1799752 polymorphism and muscle mass is less definitive. While
the D allele was often associated with greater amounts of FFM, contradictory findings were also in
evidence, and thus, further research is needed in this area to reach a consensus. Like with ACTN3
genotypes, frequency of the I and D allele of the ACE gene are highly determined by ethnic background.
Asians have been shown to have the highest frequency for the undesirable I allele [101], while
African-American have the lowest [101], aligning with global sarcopenia prevalence estimates where
Asians and African-Americans have the highest and lowest risk respectively [93]. While evidence
in this review is insufficient in highlighting a true ethnic impact on the association between ACE
genotypes and aging muscle phenotypes, the disparity in allele frequency among different ethnicities
is promising.

4.1.3. VDR

The true significance of the association between the VDR gene and muscle phenotypes is currently
unknown. While the VDR gene has been extensively researched, findings are often contradictory.
Furthermore, due to its crucial role in regulating calcium absorption, much of the existing research has
focused on the association between VDR genotypes and bone health [102]. However, the VDR gene is
also known to stimulate changes in muscle protein synthesis through its key regulatory role in the
transcription of messenger RNA [103], and thus, the potential of the VDR gene as a candidate gene for
muscle phenotype associations has been suggested. More specifically, the rs2228570 polymorphism is
the only known VDR polymorphism where variation results in structural changes within the VDR
protein due to differences in translational initiation sites [104]. The VDR f allele results in a full
length VDR protein of 427 amino acids [105], while a VDR F allele results in a truncated VDR protein
with three amino acids less [106]. Interestingly, three of four studies that examined the rs2228570
polymorphism in this review found F allele carriers to perform significantly worse across a range of
muscle phenotypes [45,67,74], suggesting the potential importance of the rs2228570 polymorphism.
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While compelling evidence exists supporting the importance of the VDR gene for muscle
phenotypes, many studies have failed to replicate earlier results, and thus, the strength of this
association remains to be established [107,108]. Unlike for ACTN3 and ACE polymorphisms, evidence
of an ethnic influence on VDR polymorphism frequency is conflicting [109,110]. As with most genetic
association studies, much of the research surrounding VDR polymorphisms and muscle phenotypes has
been conducted using Caucasian subjects. Only nine articles examining VDR genotypes were included
in this review, seven of which focused on Caucasian individuals [26–28,42,45,62,67]. Furthermore,
as with the ACTN3 and ACE genes, limited research has been conducted within an elderly population,
further limiting the transferability of findings for older adults.

4.1.4. Other Genes of Interest

Other genes with convincing molecular pathways and findings, that warrant future investigation
include the IGF1/IGFBP3, TNFα, APOE, CNTF/R and UCP2/3 genes.

4.1.5. IGF1 and IGFBP3

The IGF family of genes encode peptides that are crucial in regulating cell proliferation, apoptosis
and differentiation [111]. The mitogenic effect of IGF1 is integral to the facilitation of growth in
multiple tissues, including skeletal muscle [112]. Considering that advancing age is associated with
a decline in circulating IGF1 levels, the IGF1 gene is a likely candidate to effect muscle phenotypes
among the elderly [113]. The current review found significant associations between IGF1 variants and
skeletal muscle mass and strength. Associations were particularly convincing in longitudinal studies,
suggesting that the IGF1 192 polymorphism may be particularly influential in the strength-training
response of skeletal muscle phenotypes as opposed to baseline measurements.

The function of IGF1 is mediated through interactions with binding proteins, mainly, IGFBP3.
Research has demonstrated that IGFBP3 is the most prolific potentiator of IGF1, therefore suggesting
its importance in explaining inter-individual variation in muscle phenotypes [114]. While only
Yang et al. [75] have investigated the impact of the IGFBP3 gene in an elderly population, the significant
findings of that study combined with the relevant gene mechanisms warrants future research.

4.1.6. TNFα

Like the IGF family, the TNFα gene aids in the regulation of a multitude of biological processes
such as cell proliferation, differentiation and apoptosis, and is thus an important candidate gene for
aging skeletal muscle [115]. TNFα is also known to be an integral mediator of the inflammatory
response to muscle damage [116]. Considering that inflammation is a vital response to RT in facilitating
muscle regeneration, the TNFα gene is likely to affect the response of skeletal muscle tissue to RT [117].
This is supported by the findings of Pereira et al. [65] who observed that TNFα genotypes associate
significantly with TUG performance adaptation. While Tiainen et al. [69] also highlighted significant
cross-sectional associations, these were based on self-reported measures and should be interpreted
with caution. Thus, longitudinal studies focusing on RT response of skeletal muscle may prove most
beneficial in understanding the effect of TNFα genotypes on the aging muscle.

4.1.7. APOE

APOE protein encoded by the APOE gene, is involved in lipid metabolism and is a well-established
risk factor for Alzheimer’s disease and various other aging disorders such as cardiovascular disease,
atherosclerosis, stroke and impaired cognitive function [118]. Considering the associations between
muscle phenotypes such as HG strength and these disorders, research has begun to investigate the
relationship between the APOE gene and skeletal muscle traits. The gene has three common alleles
(e2, e3 and e4), with e2 and e4 carriers having the lowest and highest risk of developing such aging
disorders respectively [119]. As a result, much of the research in relation to skeletal muscle has centred
around the e4 allele. The e4 allele was consistently associated with unfavourable skeletal muscle traits
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within this review, and therefore, supports the possibility of APOE as a candidate gene for explaining
variation in muscle phenotypes with advancing age. Interestingly, like for ACTN3 and ACE genotypes,
prevalence of the e4 allele is known to be highly varied among different populations [120]. With only
three studies were included in this review, the effect of ethnicity on e4 allele frequency and the resulting
association with muscle phenotypes is yet to be confirmed.

4.1.8. CNTF and CNTFR

The CNTF and CNTFR genes are both mediated through a common signal-transducing component,
and thus are often examined in parallel [121]. CNTF, located in glial cells, aids in the promotion of motor
neuron survival, and is therefore suggested to limit age-related atrophy of skeletal muscle caused by
denervation [122]. The CNTFR is largely expressed in skeletal muscle, promoting research to examine
the role of the CNTF and CNTFR genes in the regulation of muscle phenotypes [123]. To date, however,
much of this research has been conducted using rats, with limited research being conducted with human
populations. Thus, while the current review has highlighted some significant associations with muscle
phenotypes, additional research is required to further understand the mechanisms underpinning this
association in humans.

4.1.9. UCP2 and UCP3

Uncoupling proteins (UCPs) are mitochondrial transporters, best known for their involvement in
thermogenesis and energy utilisation. As a result, UCPs are most commonly researched in relation
to obesity-related phenotypes [124,125]. There is, however, evidence that suggests their importance
in regulating muscle phenotypes. UCP2 and UCP3 have both been shown to effect skeletal muscle
performance through the inhibition of mitochondrial ATP synthesis [126]. Additionally, UCP2 and
UCP3 genes serve a key purpose in the protection of cells by attenuating mitochondrial reactive oxygen
species (ROS) production, known to exert damaging effects on cells [127]. While loss of skeletal
muscle mitochondrial content is known to occur with advancing age [128], evidence suggests UCPs
are particularly active in the latter stages of life due to an increase in ROS and the associated rise in
mitochondrial superoxide [129]. Therefore, UCP2 and UCP3 genes may affect how metabolic function
of skeletal muscle is retained during the aging process. While the three studies included in this review
found significant associations between UCP2 and UCP3 variants and muscle phenotypes, other data
from human studies are scarce and as a result, the strength of this association remains to be elucidated.

4.2. Strengths and Limitations

This is the first systematic literature review to explore the genetic association with muscle
phenotypes among the elderly. Only healthy subjects were included in the review, allowing for any
association to be solely attributed to genotype-phenotype interactions rather than disease. All subjects
were over the age of 50 years, ensuring relevance towards developing the understanding of the
pathogenesis of sarcopenia. While some methodological weaknesses exist, most studies were well
designed and conducted.

Findings within this review were at times conflicting. This incongruity may be partly explained
by between-study disparities in methodological aspects such as sample size, subject characteristics
and false-positive reporting. Furthermore, not all studies utilised the same measure for each muscle
phenotype. For example, muscle strength measured through handgrip or leg extension may lead
to different results. Evidently, there is a need for genetic association studies to implement more
comprehensive and stringent methodology to maximise the potential of identifying genetic variants
relevant to aging muscle phenotypes.

Finally, while not necessarily a limitation of this review itself, the overall lack of research currently
available regarding the association between genetic variants and muscle phenotypes within the
elderly prevents more definitive inferences to be made. As evidenced in this review, most research
to date has focused on European populations, thus limiting the transferability of findings to other
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ethnic groups. Considering the promising ethnic differences in polymorphism frequency previously
highlighted, future genetic studies may benefit from including individuals from a variety of ethnic
backgrounds. The distinct lack of GWAS targeting aging muscle phenotypes is also contributive
towards the uncertainty surrounding this area. A large body of research has utilised a candidate
gene approach. Historically, many candidate gene studies have been statistically underpowered, the
replication of findings has been problematic and there has been a suspected bias against publication
of negative results, which may lead to conflicting findings [130]. Many of these issues have been
overcome by GWAS in large, well characterised cohorts [80,131–133]. Therefore, future GWAS may
help to further illuminate the genetic basis of aging muscle phenotypes.

5. Conclusions

The ability to maintain skeletal muscle mass, strength and function with advancing age is essential
in preventing sarcopenia. Thus, the elucidation of the genetic variants associated with these phenotypes
is of paramount importance. Evidently, skeletal muscle mass, strength and function are multifaceted
characteristics that vary widely among the elderly. While heritability studies have highlighted that
significant proportions of this inter-individual variability are determined by genetic factors, the specific
genes involved remain mostly unknown.

The genetic association with muscle phenotypes is relatively under-researched, with only a
limited number of candidate genes being explored to date. This review identified and systematically
compiled the key genes shown to be significantly associated with muscle phenotypes within an elderly
population. While relatively few genes have been identified which significantly contribute towards
variation in muscle phenotypes, promising findings pointing to more extensive associations exist.
Evidence is particularly supportive of the ACTN3, ACE and VDR genes, while the IGF1/IGFBP3, TNFα,
APOE, CNTF/R and UCP2/3 genes have also been shown to be significantly associated with skeletal
muscle phenotypes in two or more studies.

To conclude, the findings from this review helped to further illuminate the genetic basis of
sarcopenia. While the molecular genetic pathways are often compelling, the limited volume of research
within this field is as yet insufficient to demonstrate a clear genetic basis for sarcopenia. Future GWAS
could facilitate the identification of novel genetic variants that may have key regulatory roles in aging
muscle phenotypes. Further still, a more extensive exploration of the candidate genes highlighted
in this review should provide further insight into the pathogenesis of sarcopenia and further aid in
the development of effective prognosis, preventive and treatment protocols to combat the profound
consequences of sarcopenia for patients and health systems worldwide.
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Abstract: Heterotopic ossification (HO) manifests as bone development in the skeletal muscles and
surrounding soft tissues. It can be caused by injury, surgery, or may have a genetic background.
In each case, its development might differ, and depending on the age, sex, and patient’s conditions,
it could lead to a more or a less severe outcome. In the case of the injury or surgery provoked
ossification development, it could be, to some extent, prevented by treatments. As far as genetic
disorders are concerned, such prevention approaches are highly limited. Many lines of evidence point
to the inflammatory process and abnormalities in the bone morphogenetic factor signaling pathway
as the molecular and cellular backgrounds for HO development. However, the clear targets allowing
the design of treatments preventing or lowering HO have not been identified yet. In this review, we
summarize current knowledge on HO types, its symptoms, and possible ways of prevention and
treatment. We also describe the molecules and cells in which abnormal function could lead to HO
development. We emphasize the studies involving animal models of HO as being of great importance
for understanding and future designing of the tools to counteract this pathology.

Keywords: muscles; heterotopic ossification; skeletal muscle stem and progenitor cells; HO precursors

1. Introduction

Heterotopic ossification (HO) is a disregulation of skeletal muscle homeostasis and regeneration,
which results in mature bone formation in atypical locations. HO could develop in the skeletal muscles,
and also in surrounding tissues such as fascia, tendons, skin, and subcutis [1]. HO can be acquired or have
genetic origin. The most prevalent is acquired HO which can occur in response to a direct trauma, burn,
or amputations. Similarly, iatrogenic trauma, caused by orthopedic surgery such as hip replacement,
often triggers HO development [1,2]. Another acquired form of the disease is neurogenic HO (NHO)
which is a frequent complication of central nervous system injury [3]. The knowledge about the molecular
mechanisms that leads to HO formation and cell precursors engaged in this process is still limited.
HO requires the presence of stem or progenitor cells which are able to follow the osteogenic program,
although the identity of these cells remains unclear. Many different populations of progenitor cells could
be possible precursors in the HO development. The animal studies suggest that progenitor cells can
vary depending on the HO subtype. The studies using mouse HO models show that endothelial cells,
mesenchymal cells, pericytes present in the skeletal muscles, tendons and connective tissue cells, or even
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circulating stem/precursor cells could be a source of HO precursors [1,4,5]. It is also known, that trauma
or micro-trauma, which leads to a local inflammatory response, delivers the signals to develop HO.
Recent studies showed the role of immune response cells, especially monocytes/macrophages, at the
early stages of trauma-induced HO development [6]. They confirm the importance of macrophages in
the induction of neurogenic and genetic forms of HO [7]. Activated macrophages express osteoinductive
signaling factors in the course of HO pathogenesis. Thus, the presence of the cells reflects increased
secretion of HO promoting cytokines/chemokines such as interleukin 6 (IL6), IL10, transforming beta-1
growth factor (TGFβ1), and neurotrophin 3 (NT3). A significant dysregulation of macrophage immune
checkpoints was proven in HO animal models [8–10]. Finally, both individual predisposition and risk
factors also attribute to HO development [11].

Histologically HO formation is similar to the physiological bone fracture healing. During HO
development initially soft tissue is infiltrated with the whole spectrum of inflammatory cells. Such
infiltration is followed by enhanced fibroblast proliferation, neovascularization, differentiation of
chondrocytes, and results in mature bone formation [12]. HO is formed mainly by endochondral
ossification. However, an intramembranous mechanism can also be involved. Typically HO formation
is characterized by a zonal bone development model called “eggshell calcification” [13]. HO consists
mainly of mechanically weak woven bone with an irregular osteoblasts distribution, but mature
lamellar bone with Haversian-like canals can be often found. The bone tissue gradually matures
with the outer appearance of the cortical bone [14]. Primarily, HO occurs in soft tissues and has no
connection with the skeletal bone, but when it grows in the volume, it can attach to the periosteum.

2. Heterotopic Ossification as a Clinical Issue

HO is a diverse pathologic process and its spectrum can range from mild, clinically irrelevant to
severe cases. In most of the patients it is minor and symptomless. Unfortunately, in some patients,
extensive HO located around joints can cause restrictions in the range of motion (ROM), resulting even
in the total ankylosis of the joint. In this group of patients HO can be associated with a significant
limitation of daily activities and disability [1].

2.1. Traumatic HO

HO lesions can occur in response to direct trauma, such as connective tissue injury, bone fractures,
burns, amputations, and combat-related blast injuries [2]. Approximately 30% of all fractures and
dislocations which were subjected to operative treatment can trigger HO formation. It was a recognized
clinical problem, in the acetabular and proximal femur fractures and fractures or dislocations of the
elbow [1,15]. HO is also a common complication of traumatic limb amputation, both in civilian (22.8%)
and in a military setting (62.9%) [16]. After the isolated burn injury HO incidence is relatively low
(1%–4%), but it can be underestimated due to the lack of routine x-ray screening of such patients [17,18].
The typical locations of burn-induced HO are the elbow (50.0%), glenohumeral joint (20.3%), and the
hip joint (17.6%) [18].

Recognized risk factors for trauma-induced HO are young age, male sex, severe concomitant injuries,
compound fractures, extensive surgical approaches, and postponed surgeries [19,20]. The presence of
local wound infection is also a well-established factor associated with HO [21]. In the military setting,
the high incidence of HO is associated with concomitant brain injury, multiple wounds, and the severity
of the injury [2]. The extent of burns, local wound infection, and the duration of intensive therapy are the
risk factors for the formation of burn-induced HO. The role of immobilization and iatrogenic paralysis is
also under investigation [18,22].

As far as the symptoms are concerned it can be associated with reduced joint mobility, pain, and
decreased limb function. In the upper extremity, HO can limit everyday activities such as eating,
dressing, and personal grooming, while in the lower limb it can affect gait and cause limp and difficulties
in sitting [15]. Patients with amputation associated HO may experience difficulties with prosthesis
fitting. Other local complications can occur, such as ulcers, skin graft necrosis, and neurovascular
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impairment [16]. The contractures and reduction of joint ROM in burn injuries are often caused by soft
tissue scarring. However, HO should always be taken into consideration in differential diagnosis [18].

2.2. Surgery-Induced HO

HO is a well-described complication of orthopedic surgical procedures, typically joint replacements.
The main indication for this kind of treatment is symptomatic, end-stage joint osteoarthritis. This type
of HO usually involves the tissues where the surgical approach is performed, as unavoidable trauma
is done to the muscle and fascia. It is most commonly described after a total hip replacement (THR)
and cervical total disc arthroplasty (CTDA). It was also reported after the ankle, knee, and shoulder
arthroplasty [23–25]. HO is radiologically present in every second patient after total hip replacement
(40%–56%), and cervical total disc arthroplasty (44.6%–58.2%). However, high-grade HO occurs only
in 2%–7% of total hip replacement and 11%–16% of cervical total disc arthroplasty patients [24–26].

The risk factors for the development of HO in patients undergoing total hip replacement are young age
and male sex. The other predisposing conditions are bone and joint diseases such as ankylosing spondylitis,
hypertrophic arthritis, and Paget’s disease. The impact of the surgical approach, especially micro-invasive
surgery (MIS) techniques, is being intensively discussed, but the results are still inconclusive [24,27,28].
Similarly, in patients after the cervical total disc arthroplasty, the male sex is an independent risk factor for
HO development. Another important aspect is an artificial disc device type [29].

In the majority of patients suffering from surgery induced HO, small islands of the bone of no
clinical significance are observed. However, extensive lesions can affect the biomechanical function
of an endoprosthesis and block the movement in the affected joint. In total hip replacement patients,
high-grade HO can significantly impact ROM, especially flexion, abduction, and external rotation, and
affect the overall function of the hip [30]. In extreme cases, HO can require surgical intervention and
excision (3.3%) [27]. In contrast to total hip replacement, in cervical total disc arthroplasty patients,
severe HO does not affect patient-related pain, quality of life, or function [31].

2.3. Neurogenic HO

Neurogenic heterotopic ossification (NHO) can occur after the spinal cord injury (SCI) or traumatic
brain injury (TBI). Other clinical conditions, such as cerebral stroke, anoxia, and non-traumatic
myelopathies, can also attribute to NHO [32–34]. The incidence of NHO in spinal cord injury (40%–50%)
was reported to be higher than in traumatic brain injury patients (8%–23%). However, symptomatic NHO
is more frequent in traumatic brain injury than in spinal cord injury patients (11% vs. 4%). The incidence
of this type of HO in cerebral stroke patients is relatively low (0.5%–1.2%) [35,36]. In contrast to traumatic
lesions, NHO lesions typically occur in locations distant from the site of injury. The NHO lesions
are usually located around the hip joints in both spinal cord injury (63%) and traumatic brain injury
(40%) [36]. Other possible locations of NHO are the shoulder, knee, and elbow joints [37,38].

The demographic risk factors predisposing to NHO after spinal cord injury are male sex and
young age. The complete spinal cord injury, high level of rupture, and spasticity can also be associated
with an elevated incidence of NHO. Moreover, urinary tract infections and pneumonia significantly
increase the risk of NHO [1,38]. NHO may also be associated with human leukocyte antigen B27
(HLA-B27) presence in spinal cord injury patients [39]. In traumatic brain injury patients, the NHO
associated conditions are lower walking abilities, spasticity, pressure ulcers, neurogenic bladder, and
systemic infections [40].

NHO usually develops two months after a spinal cord injury or traumatic brain injury [36,41,42].
Initially, it is characterized by inflammation-like prodromal symptoms such as swelling, redness of the
joint, and low-grade fever. If there is no sensory impairment, the pain can also be present. Usually,
two years after the neurological event, the lesions are fully developed [3,36]. Most of the patients do
not suffer from NHO associated symptoms. However, when the lesions are extensive, it can affect joint
ROM creating problems with moving from sitting to lying position and nursing. Additionally, the risk
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of bedsores significantly rises [3,37]. Moreover, patients with severe NHO obtain less satisfactory
functional results and require prolonged rehabilitation [43].

2.4. Genetic HO

There are also rare, inherited forms of HO, such as fibrodysplasia ossificans progressiva (FOP) and
progressive osseous heteroplasia (POH) [44,45]. FOP is autosomal-dominant disorder caused by up to
14 different mutations localised in the type I bone morphogenic protein (BMP) receptor, i.e., activin type
1 receptor (ACVR1; also called activin-like kinase 2, ALK2) gene [44,46]. However, a single mutation,
i.e., arginine to histidine at position 206; R206H, is present in the majority of FOP patients [44,46].
The ossification of skeletal muscles in FOP occurs mostly in early childhood and is characterized by
inflammation-like symptoms and episodical flareups [44]. POH is the other autosomal dominant inherited
form of HO, which is caused by the mutation in gene encoding guanine nucleotide-binding protein,
alpha stimulating (GNAS) [47]. The exact incidence of FOP is estimated to be approximately 1 person per
2 million [47]. The epidemiological data of 299 FOP patients from fifty-four countries participating in the
International FOP Association (IFOPA) Global Registry will be published soon [48]. In most cases of FOP,
it is caused by de novo mutations, but there is also a risk of parental transmission [49]. The incidence
of POH is unknown. Similarly to FOP, in POH family transmissions have been documented, but the
majority of the patients have spontaneous mutations [47]. There are no identified predisposing factors
for inherited HO, including ethnic, racial, or geographic factors [47,50].

Children suffering from FOP are born with characteristic deformities of the toe and then, usually
between 5 and 10 years of age, start to present soft tissue swelling which could be spontaneous or caused
by minor injuries. With age, mature bone appears at the site of edema in the muscles and surrounding
tissues. HO can appear in any location except for the viscera and thoracic diaphragm. The first
affected areas are neck and upper back. Progression of HO over time leads to mobility restriction,
respiratory problems, and heart failure associated with intercostal and spinal muscle ossification and
chest deformation [50]. Recent studies revealed dysmorphology of the hip, spine, and tibiofibular joint,
which can predispose to the high incidence of arthropathy in FOP patients [51]. Other aspects of FOP
are malnutrition due to temporomandibular joint ossification and hearing problems due to middle ear
HO. Most patients use a wheelchair at the end of their second decade of life [47,49]. In contrast to FOP,
the HO lesions in POH usually appear early, i.e., during the first year of life. POH starts from the skin
and subcutis and later on affects the deeper-lying striated muscles and fascia. POH is characterized by
changeable expressivity and somatic mosaicism, including asymptomatic carriers. In some cases with
high expression, it can result in early severe disability with joint ankylosis. The sings of POH can also
include growth retardation, osteoporosis, and low body weight. The diagnostic criteria for POH have
been proposed [45].

2.5. Diagnostic Imaging

Radiography is a first-line diagnostic tool in routine HO detection. The most commonly used
HO classification systems, such as the Brooker classification for the hip and Hastings and Graham
classification of the elbow, are based on the X-ray assessment [3]. Computed tomography (CT) can
provide a more accurate assessment of the relation of HO lesion to the joint and other vascular and
neural structures. CT and X-ray examinations remain the gold standard in the imaging diagnosis
due to a low cost, simplicity, and high effectiveness in detecting fully developed HO lesions [52].
Nuclear medicine modalities can also be useful and provide metabolic and functional information on
developing HO. The scintigraphy, including planar bone scan and single-photon emission computed
tomography (SPECT), is proven to be a highly sensitive method in HO detection [53,54]. Similarly,
the positron emission tomography (PET) can be useful in the HO diagnosis and successfully identify
early HO and chronic lesions [55]. The other diagnostic imaging techniques include magnetic resonance
imaging (MRI) that can identify vascularization and increased density in the early phases of HO as
early as two days after the onset of clinical symptoms [38]. Recently, the ultrasonography is gaining
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popularity in HO detection and monitoring due to its safety profile, low cost, and the possibility of
bedside-application [56]. In diagnostic imaging, it is critical to distinguish HO from neoplastic processes
such as osteosarcoma, deep venous thrombosis (DVT). HO can also mimic gout, avulsion fracture,
or local tissue calcifications like dystrophic and tumoral calcification or calcific tendonitis [11,52].

2.6. Biomarkers

The serum alkaline phosphatase enzyme (ALP) was extensively investigated as a potential
biomarker of HO in traumatic HO, NHO after spinal cord injury, and total hip replacement induced
HO. The elevated ALP level reflects enhanced bone turnover and increases with osteoclast activity.
Detection of ALP could serve as a relatively inexpensive and widely available test for HO. Serum ALP
concentration increases about two weeks after the operation reaching the peak concentration at week
10–12 and returns to the base level at week 18. However, ALP levels can be normal in the presence of
HO development (55.2%), and the usefulness of ALP in HO screening is being discussed. Similarly,
a bone-specific isoform of alkaline phosphatase (BAP) can be elevated in HO patients, but BAP levels
are normal in most cases (67.8%). The other tested HO biomarkers are urinary excretion of type I
collagen cross-linked C-telopeptide (CTX-1) and prostaglandin E2 (PGE2). The classical inflammation
marker C-reactive protein, CRP is elevated in 77.0% of HO patients, but it is not specific [39,57,58].
Additionally, cytokine levels are investigated as biomarkers of HO onset. In the mouse model of FOP,
the level of monocyte chemoattractant protein 1 (MCP1) (serum, saliva), IL1β (saliva), and tumor
necrosis factor α (TNFα) (serum) were significantly increased compared to control group. In the mouse
model of trauma-induced HO, the levels of TNFα, IL1β, IL6, and MCP1 were increased in serum
samples [59]. In human studies, HO was associated with the level of serum (IL3, IL12) and wound
effluent cytokines (IL3, IL13) in combat-injured patients [60].

Recently proteomic biomarkers were analyzed with mass spectrometry in non-genetic HO patients.
Significant differences were found in the levels of certain peptides in patients with HO compared to
the non-HO group. The researchers point out the protein fragments of osteocalcin (OC), collagen alpha
1 (COL1), osteomodulin (OMD) as potential clinical biomarkers for HO [61]. Another investigated
class of HO biomarkers are small non-coding RNA molecules (miRNA). The disregulation of miRNA
homeostasis may play a vital role in HO development. For instance, the decreased expression of
miRNA-630, which is responsible for endothelial cells transition towards mesenchymal cells, was
observed in HO patients [62]. The decreased level of miRNA-421 in humeral fracture patients is
associated with BMP2 overexpression and a higher rate of the HO occurrence [63]. The miRNA-203
downregulation leads to an increase in expression of runt-related transcription factor 2 (Runx2), which
is a crucial osteoblast differentiation regulator [64]. The miRNA particles are not only possible HO
indicators, but they can also be future therapeutic targets.

2.7. Prophylaxis

The standard HO prophylaxis is pharmacological treatment with nonsteroidal anti-inflammatory
drugs (NSAIDs) or local external beam radiotherapy (RT). The NSAIDs or radiotherapy prophylaxis is
a well-proven and effective method, but it is not specific. Currently, the more targeted pharmacological
strategies are being tested and developed for inhibiting specific pathways and molecules responsible
for HO. Once the mature lesion is developed, it is not possible to reverse the changes, and the only
remaining treatment option is surgical resection [65]. Despite that NSAIDs are effective prophylaxis
of HO, they do not present efficacy when HO is fully developed. There is no difference between
non-selective NSAIDs and selective NSAIDs in HO treatment [66]. The selective cyclooxygenase-2
(COX-2) inhibitors can significantly decrease discontinuation of treatment due to gastro-intestinal (GI)
side effects [67,68]. However, non-selective NSAIDs are the most commonly used in clinical practice
(87%) and remain “golden standard” in HO prevention. Indomethacin non-selective COX inhibitor is
the most commonly prescribed NSAID for HO prophylaxis (57%) with a daily dose of 100–150 mg with
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a mean of 30 days of administration [69,70]. In addition to high efficiency, NSAIDs are approximately
45 times more cost-effective compared to RT [71,72].

RT recommended before the surgery or early, up to 72 h post-surgery, is an equally successful
method for prophylaxis of HO development as NSAIDs. The multiple fractions RT is more effective in
the reduction of HO. It is dose-dependent, but a modification of a biologically effective radiation dose
over the >2500 cGy did not result in better effectiveness [73]. In total hip replacement patients, the
combination of NSAIDs and RT may also be beneficial [74]. The RT seems to be a safe method of HO
prevention in total hip replacement patients regarding local neoplastic processes and aseptic loosening
of the implant [75].

The other prophylaxis modalities were also proposed. Taking into account bacterial contamination of
wound in traumatic HO, locally administered vancomycin prophylaxis suppressed HO in trauma-induced
rats infected with methicillin—resistant Staphylococcus aureus (MRSA) [76]. Bisphosphonates that are
mainly used as anti-osteoporosis drugs and act by inhibiting calcification, and bone resorption dependent
on osteoclasts, have no significantly higher efficacy than NSAIDs [77]. The aspirin, which has both effects
of NSAID and the anti-platelet agents, is often used for venous thromboembolism (VTE) prophylaxis in
total hip replacement patients and was also shown to be effective in the HO rate reduction [78].

2.8. Treatment

Surgical removal of lesions is currently the only effective method when HO is already formed and
gives clinical symptoms. However, the operation itself may induce the formation of new ossifications.
Among the indications of HO are pain and reduction of ROM. In most cases, the treatment also includes
NSAIDs or radiotherapy as the prevention of relapse. A common strategy is to change the type of
prophylaxis or the application of another type of NSAIDs class if the previously used prophylaxis has
failed. The standard procedure is simple excision of HO, but it is unclear whether it should be removed
completely or only partially [79]. Some authors recommend HO surgery only when the mature bone
tissue is formed. However, early intervention minimizes the development of intra-articular changes
and HO recurrence, so ossifications should be removed as soon as the mature bone is formed, without
unnecessary delay [80–83]. As a result of surgery, the pain level is reduced and ROM increases,
which significantly improves the function and often reduces the level of pain [70,84–88]. The total hip
replacement is a promising solution for NHO in the area of the hip joint in patients after traumatic
brain injury. The standard procedure is the Girdlestone procedure, but total hip replacement seems to
give better results than a simple excision. When using THA, ossification has less tendency to relapse
and the patient achieves more satisfactory functional results. [89,90].

3. Heterotopic Ossification Precursor Cells

3.1. Stem and Progenitor Cells in Skeletal Muscles

HO development is a complex process engaging many different cell types. Several lines of evidence
suggest that the development of HO in skeletal muscle could be a result of pathological differentiation
of stem and progenitor cells present in skeletal muscle. The most important cells responsible for
postnatal skeletal muscle growth and regeneration are satellite cells (SCs), i.e., unipotent stem cells
located between muscle fibers plasmalemma and basal lamina (Figure 1). These cells are activated in
response to skeletal muscle injury which results in the cell cycle re-entry [91]. The signals activating
satellite cells are provided by damaged muscle fibers, inflammatory cells, and endothelium [92].
Activated SCs start to proliferate, differentiate into myoblasts, i.e., muscle progenitor cells, and then
myocytes. The myocytes fuse with existing myofibers or with each other to form myotubes and
then, after innervation, myofibers. Many studies showed that SC presence is essential for skeletal
muscle regeneration [93]. This multi-step process is accompanied by changes in expression of pair
box transcription factors 7 (Pax7) and myogenic regulatory factors (MRFs), such as MYOD, MRF5,
myogenin, MRF4, as well as skeletal muscle structural proteins [94]. Importantly, SCs are able
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to follow two different fates—they could maintain PAX7 and down-regulate MYOD expression to
self-renew their population or down-regulate PAX7 and maintain MYOD expression to upregulate
MYOGENIN and initiate differentiation [94]. SCs proliferation is regulated by MYOD and MYF5
which control the activity of the genes involved in DNA replication and cell cycle progression, such
as cell division cycle 6 protein (CDC6) and minichromosome maintenance complex component 2
(MCM2). MYOD contribution in the myogenic differentiation also involves the induction of miR206
and miR486 which downregulate PAX7 [95]. Moreover, long non-coding RNA linc-RAM promotes
the formation of MYOD complex with chromatin modifier BAF60c which enables MYOD binding to
promoters of target genes and marks the chromatin for recruitment of chromatin-remodeling complex,
i.e., BRG1-based SWItch/Sucrose NonFermentable (SWI/SNF). This MYOD-BAF60c-BRG1 complex
remodels the chromatin and activates transcription of MYOD-target genes [96]. Furthermore, MYOD,
as stated above, promotes expression of MYOGENIN and MRF4, i.e., transcription factors responsible
for myoblast cell cycle exit and their differentiation into myocytes and myotubes. These differentiation
steps are accompanied with expression of myosin heavy chains (MHC), enolase 3 (ENO3), and muscle
creatine kinase (MCK) [91].

Figure 1. The stem and progenitor cells responsible for skeletal muscle homeostasis. The multinucleated
skeletal muscle myofibers are accompanied by several types of stem and progenitor cells, such as
satellite cells, endothelial cells, pericytes, mesoangioblasts (MABs), and fibro-adipogenic progenitors
(FAPs), which could participate in regeneration. Other populations of muscle interstitial cells, such as,
PW1+/PAX7 interstitial cells (PICs), Sk-34 cells, TWIST2+ cells, side population (SP) cells was also shown
to be able to follow myogenic program. Moreover, the skeletal muscle reconstruction is accompanied
by infiltration by immune cells.

Importantly, the fate of SCs is determined by their interactions with the niche. The quiescent SC niche
is formed by myofibers and the extracellular matrix (ECM), i.e., the basal lamina. Such a niche is modified
after the skeletal muscle injury and during regeneration. The factors secreted by damaged myofibers,
inflammatory cells, endothelial cells, fibroblasts, and fibro-adipogenic progenitors (FAP), present in
skeletal muscle, regulate the fate of SCs and myoblasts. Since the inflammation is among the initial
responses to muscle injury, resident immune cells, such as mast cells and neutrophils, are activated by
factors released by degenerated fibers [97]. The immune cells start to produce pro-inflammatory molecules,
such as histamine, TNFα, interferon γ (IFNγ), IL1β, which leads to increased vascular permeability
and myeloid cells recruitment. Both neutrophils and macrophages participate in damaged myofibers
removal. Simultaneously, factors secreted by neutrophils and macrophages play an important role in the
SC activation and myoblast proliferation and differentiation. Thus, the depletion of macrophages reduces
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the level of hepatocyte growth factor (HGF) and insulin-like growth factor 1 (IGF1), causing impairment
of skeletal muscle regeneration [98]. HGF binds with c-met and plays a role in SC activation [99].
IGF-1 promotes myoblasts proliferation and differentiation [100,101]. Macrophages also secrete TNFα
and IL6, i.e., factors which promote myoblasts proliferation and differentiation [102]. Other cells
that play crucial role in skeletal muscle reconstruction are endothelial cells. They participate in the
restoration of vasculature in damaged muscle and secrete pro-angiogenic and pro-myogenic factors,
such as apelin, oncostatin, and periostin [103–105]. ECM remodeling that is an important step during
muscle regeneration involves fibroblasts and FAPs (also named “mesenchymal progenitors”). These
cells also produce pro-myogenic factors, such as: IGF1, IL6, and follistatin [106–108]. FAPs are interstitial
non-myogenic progenitors expressing platelet derived growth factor receptor α (PDGFRα) [109–111].
In intact muscle FAPs are quiescent but after an injury they start to proliferate and synthesize ECM
proteins, as well as abovementioned factors [112]. In aged muscles and during chronic diseases the FAPs
accumulation and differentiation into fibroblasts and adipocytes is observed. Thus, these cells could be
engaged in the formation of fibrosis or adipose tissue accumulation [112].

Except for abovementioned cell populations, skeletal muscle interstitium is the source of stem and
progenitor cells different form SCs [113]. Their role in skeletal muscle homeostasis is extensively studied
using mouse models. However, many studies also focus on human cells [113]. In mouse as well as in human
muscles pericytes and mesangioblast are localized peripherally to microvessel endothelium. They are
described as PDGFRβ, NG2, CD146 expressing cells [114–119]. Such cells were shown to be able to fuse with
myofibers and occupy satellite cell niche in regenerating muscle [114–118]. Moreover, mouse and human
pericytes secrete IFG-1 and angiopoetin that are known factors supporting myoblasts differentiation [120].
Other populations detected in mouse muscles are PW1+/PAX7 interstitial cells, i.e., PICs expressing PW1,
SCA1, and CD34 [121]. These cells transplanted to injured mouse muscles participated in the regeneration
and restoration of SC population [121]. Next, the TWIST2+ progenitor cells expressing transcription factor
TWIST2, myoendothelial cells expressing CD34, i.e., Sk34 cells, and side population (SP) cells isolated on
the basis of Hoechst day exclusion were identified in mouse muscle interstitium [122–124]. They showed
myogenic potential in vitro and formed new myofibers after transplantation into injured muscles [122–124],
similarly to CD133+ cells presented in human muscles [125].

3.2. The Osteogenic Potential of Stem and Progenitor Cells Residing in Skeletal Muscle—In Vitro Studies

Few populations of stem and progenitor cells residing in skeletal muscle and described above
could follow osteogenic differentiation in vitro. Among them are mouse and human SCs. BMP4 and
BMP7 treatment of mouse SCs induced their osteogenic differentiation, which was shown by increased
expression of ALP (and also its activity), osteopontin, and osteocalcin, i.e., the markers of osteogenic
differentiation. Moreover, SCs were able to undergo spontaneous osteogenic differentiation when
cultured in Matrigel [126]. Osteogenic properties were also documented for human SCs after their
in vitro culture in osteogenic differentiation medium (OB-1, ZenBio). After 14 days of treatment, cells
increased expression of osteogenic differentiation genes, such as, RUNX2 and BGLAP. Moreover, Alizarin
Red staining revealed the accumulation of calcium deposits [127]. Further, such staining of mouse
skeletal muscle-derived TBX18+ pericytes, cultured in medium supplemented with dexamethasone,
L-ascorbic acid-phosphate, β-glycerophosphate, and BMP2, revealed the deposition of mineralized
matrix also indicating differentiation in osteogenic lineages [128]. Similarly, human ALP+ pericytes were
able to differentiate in osteoblasts after BMP2 treatment in vitro [117]. On the other hand, CD146+/ALP+
progenitors isolated from human skeletal muscles were not able to follow osteogenic program in vivo
after transplantation with hydroxyapatite/tricalcium phosphate scaffold [129]. Finally, mouse FAPs
characterized by the presence of markers such as TIE2, PDGFRα or SCA1 differentiated into osteoblasts
formation after BMP7, BMP2, treatment or when cells were cultured in osteogenic differentiation medium
containing dexamethasone, β-glycerophosphate, and ascorbic-acid [109,110,130]. So far, osteogenic
differentiation has not been analyzed or documented for other cell populations, such as PIC, TWIST2+
cell, Sk34 cells, as well as human circulating CD133+ cells [121,123,125,131–136].
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3.3. The Cells Directly Participating in Heterotropic Ossification Formation In Vivo

Different animal models, which could be divided into two groups, were used to follow the cells
responsible for HO development [1,5,21]. The first one consists of genetically modified animals, i.e.,
mouse engineered to express, in controlled manner, constitutively active ACVR1, which mimic FOP. The
second group includes animal models in that trauma was caused by muscle blunt-force or forced ROM
damage, muscle dissection, hip surgery or skin burn with Achilles tenotomy. The third group includes
animals in which HO develops after BMPs injection or overexpression. The fourth model bases at the
spinal cord injury in conjunction with cardiotoxin induced muscle damage. Moreover, a lot of information
about the cell types responsible for HO formation was obtained thanks to lineage tracing [1,5,21].

Using the abovementioned models, a few cell populations were designated to be responsible
for HO formation. As mentioned, several skeletal muscle cell types, such as human pericytes and
mouse SCs, and FAPs present osteogenic potential in vitro. Importantly, in vitro results cannot be
directly translated to in vivo situation. Notably, in vivo studies using mouse models proposed that HO
precursors could originate from skeletal muscle endothelial, “mesenchymal” or pericyte populations
or tendon and connective tissue cells or even circulating stem/precursor cells [1,5,21,137]. Some initial
studies suggested that endothelial cells, characterized by the presence of TIE2, which is the tyrosine
kinase receptor for angiopoetin, are engaged in HO formation [138,139]. Tracing these cells on the
basis of Tie2 expression proved that they participate in HO development after BMP2 intramuscular
injection or cardiotoxin induced skeletal muscle injury in transgenic mice that overexpressed BMP4 at
neuromuscular junction [138,139]. Importantly, neither SCs (expressing MyoD) nor vascular smooth
muscle cells (expressing smooth muscle myosin heavy chain) contributed to HO [138]. Moreover, also
other lineage tracing and transplantation experiments clearly showed that SCs did not participate
in HO development [130,138,140]. The presence of TIE2 expressing cells was observed in human
fragments of tissue from FOP patients [139]. However, the studies in which the cells expressing Cdh5
(VE-cadherin), i.e., endothelial progenitor cells, were traced, showed that in HO lesion such cells
were located only peripherally [141]. Thus, the endothelial progenitors did not participate in HO
formation [141]. Moreover, it was showed that TIE2 is not unique marker of endothelial cells. It is
also expressed by mouse muscle interstitial cells that are able to follow osteogenic program. Next,
TIE2+ cells express PDGFRα and SCA1 and do not express CD31 and CD45 [130]. Thus, these cells
correspond to the population of FAPs described in human and mouse skeletal muscles [109,142].
The mesodermal origin of HO precursors was also proven by tracing of PRX1+ cells after tenotomy
resulting in the formation of HO [143,144]. During embryogenesis Prx1 gene is expressed in tissues of
mesodermal origin and is crucial for cartilage and bone development. Dermo1 gene expression, on the
other hand, is restricted to the perichondrium. Tracing of DERMO+1 cells showed their engagement in
HO development [143]. The localization in skeletal muscle interstitium was also demonstrated for MX1
expressing cells that form HO in response to muscle injury in mice expressing constitutively active
form of ACVR1 [145]. MX1 is interferon induced GTP binding protein and is expressed in skeletal
muscle interstitial cells, bone marrow osteoprogenitors and endothelial cells [145]. Lineage tracing
method allowed further characterization of HO precursor cells. Thus, it was shown that GLAST or GLI1
expressing cells form HO [146,147]. GLAST, i.e., glial high affinity glutamate transporter, is expressed
in different tissues and among them are interstitial cells of connective tissue and pericytes [147]. GLI1,
i.e., glioma-associated oncogene 1, is a transcription factor engaged in HEDGEHOG signaling [146].
In the skeletal muscle interstitium Glast or Gli1 expressing cells were localized close to vasculature,
co-expressed fibroblast-specific protein 1 (FSP1), STRO1, and PDGFRα [146,147]. On the other hand,
it was also well documented that NG2+ pericytes, similarly to endothelial or hematopoietic cells,
did not participate in HO development [145].

The other source of HO precursors is tendon and connective tissue within the skeletal muscle [145,148].
The cells expressing transcription factor scleraxis (Scx) were localized in the tendon and ligaments [145].
However, the presence of Scx expressing cells was also noticed in the connective tissue within the skeletal
muscle [148]. The SCX+ cells also express PDGFRα, SCA1, and S100A4 [148]. Scx expressing cells are
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able to develop HO localized in the tendon and joints spontaneously in mice expressing constitutively
active form of ACVR1 and after tendon injury or intramuscular loading of BMP containing-scaffold [145].
In such mice, the HO developed only in injured muscles [148].

Summarizing, the question about the HO precursor cell identity is still open. Evidence presented
above allowed us to conclude that potential HO precursors are of mesodermal origin and are located
in the skeletal muscle interstitium. In mouse cells able to form HO could be identified on the basis of
TIE2, PDGFRα, SCA1, GLAST, FSP1, STRO1, GLI1, and MX1 expression. Moreover, such cells should
show many similar features to skeletal muscle FAPs and pericytes. Tendon and connective tissue
present within skeletal muscle could be considered as the source of cells responsible for HO formation.
In human, however, such cells are not precisely described yet. Moreover, it is also suggested that
different types of cells could be responsible for HO development dependently of HO type [1,5,21,137].

4. Possible Signaling Mechanisms of Ectopic Osteogenesis in Skeletal Muscles

The knowledge on molecular mechanisms of HO formation is limited. It is well established that
ectopic osteogenesis occurs as a result of traumatic injury, severe burns, and is commonly observed after
invasive surgeries, which indicates that it is related to inflammation. However, the precise immune
and signaling regulation is poorly understood. One of the best-known regulators of bone development
and postnatal bone maintenance are bone morphogenic proteins (BMPs) [149]. BMPs are members of
TGFβ superfamily, which also consists of TGFβ, activins or inhibins. Canonical TGFβ/BMP signaling
is a linear cascade which involves TGFβ/BMP ligands, two types of receptors (type I and II), and signal
transducers—SMADs. Receptor binding to BMP leads to SMADs—SMAD1/5/8, to TGFβ leads to
SMAD2/3 phosphorylation. Activated SMADs bind to SMAD4, then the complex is accumulated
in nucleus where regulates target gene expression [150]. One of the downstream targets of these
pathways is for example gene encoding RUNX2, well-known master regulator of osteogenesis which
is also aberrantly expressed in the ossified soft tissues [151–154]. TGFβ dependent activation of
SMAD2/3 promotes osteoprogenitors migration and early stages of differentiation, while negatively
regulates further steps of osteogenesis. SMAD2/3 phosphorylation inhibits RUNX2 expression and
activated SMAD3 recruits class II histone deacetylases (HDACs) 4 and 5 which inhibit RUNX2 function.
Although TGFβ-SMAD3 negatively regulates osteoblastogenesis, it also inhibits osteoblast apoptosis
and differentiation into osteocytes [155]. On the other hand, there is TGFβ dependent non-SMAD
pathway which also contributes to bone formation. TGFβ binding to its receptors can result in
activation of MAPK p38 or MAPK ERK1/2 pathways through TAB1-TAK1 complex which leads to
positive regulation of RUNX2 activity and favors osteoclast differentiation [156]. It indicates that TGFβ
molecule is coupling bone formation, through RUNX2 phosphorylation, osteoprogenitors enrichment or
osteoblast proliferation promotion, and inhibition of apoptosis with bone resorption through inhibition
of RUNX2 expression and function and osteoclast maturation [157]. BMPs binding to receptor leads
to SMAD1/5/8 phosphorylation (except BMP3 which action leads to SMAD2/3 phosphorylation).
Activated SMAD1/5/8 bind with SMAD4 and promote expression of many osteogenesis promoting
factors like RUNX2, OSX or DLX5. Similarly, to TGFβ, BMPs also can activate SMAD-independent
pathway through phosphorylation of TAK1-TAB1 complex and activation of MAPK p38 or MAPK
ERK1/2 pathways. In conclusion, most BMP ligands are strong osteogenic agents, acting through
both SMAD-dependent and SMAD-independent signaling pathway, which synergize osteogenic
transcriptional factors like RUNX2 or OSX [157,158].

In vitro and in vivo exogenous stimulation of TGFβ/BMP signaling (BMP2, BMP4, BMP9 or
TGFβ) is commonly used for induction of ossification. Those proteins, especially BMP2 and BMP9,
are also highly expressed in human HO [159]. One of the most intensively studied disease which
manifests itself in severe HO is FOP. It is still unclear, however, what the cellular and molecular
mechanisms are that cause pathological effects. Analyzes of human mesenchymal stromal cells (MSC;
expressing CD44, CD73 and CD105), derived from induced pluripotent stem cells (iPSC) obtained from
FOP which patients, showed that these cells were characterized by higher activity ofof SMAD1/3/5,
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SMAD2/3 and MAPK ERK1/2 when compared to genetically corrected resFOP-iPSCs-MSCs [160]. Most
studies suggest that mutation in ACVR1 present in FOP patients cells causes hypersensitivity to BMPs,
which results in constitutive phosphorylation of its receptor, and continuous signal transduction via
phosphorylation of SMAD1/5/8. As a result downstream targets of BMP signaling, like ID-1, OSX
or RUNX2 are expressed [130,161,162]. However, recent report, based on study of murine FAPs,
demonstrated that R206H substitution in ACVR1 may be neomorphic and altering signaling specificity
to activins. Normally, activins binding to ACVR1 receptor lead to SMAD2/3 phosphorylation. Obtained
results suggest that Activin A binding to mutated ACVR1 (R206H) receptor leads to SMAD1/5/8 instead
of SMAD2/3 phosphorylation which results in ectopic bone formation [163]. It is well established that
TGFβ/BMP signaling crosstalks with other pathways during embryonic and postnatal development,
similarly as with MAPK described above. For example, crosstalk between canonical WNT pathway,
TLR pathway or mTOR pathway was described [164]. TLR signaling intermediate evolutionary
conserved signaling intermediate in toll pathway (ECSIT) is necessary for BMP signaling in formation
of mesoderm during mouse embryogenesis [165]. Additionally, β-catenin was shown to be necessary
for bone development and osteoblast formation in mouse embryos [151]. Other studies showed that
β-catenin complexed with T cell factor 1 (TCF1) directly stimulates Runx2 expression [166]. Another
study suggested that β-catenin, together with other proteins like SMAD1, DLX5, Sp7 or SOX6, form an
enhanceosome which binds to enhancer of Runx2 gene and promotes its expression [167].

Hypoxia and inflammation are also among the factors implicated in the episodic induction of
ectopic bone formation. Notably, mTOR modulates hypoxic and inflammatory signaling during the
early stages of HO. At the later stages of HO, however, mTOR signaling is critical for chondrogenesis
and osteogenesis [164]. Increase in mTOR signaling was shown using mouse model of FOP, i.e., animals
which express constitutively active activin receptor, i.e., ACVR1 [168] and its inhibitor, rapamycin,
has been shown to suppress HO formation [168]. Hypoxic environment stabilizes hypoxia-inducible
factor 1α (HIF1α) which regulates expression of many proteins, such as VEGF or BMPs, which are
involved in HO formation [169]. Analysis of three different mouse FOP/HO models have demonstrated
hypoxia and increased HIF1α signaling [144]. Expression of HIF1α was also increased in adipose
samples derived from severely burned patients, i.e., those ones being at risk for trauma-induced HO
development [144,170]. Interestingly, analysis of human HO tissues, human preosteoblasts (hFOB1.19)
and tissues of mice serving as a model of HO, revealed that miRNAs have essential role in osteoblast
differentiation and HO development. miRNA-203 have been shown to be negatively correlated with
HO and to participate in inhibition of osteoblast differentiation by directly binding to RUNX2 [64].
Nevertheless, the mechanisms underlying the development of HO in patients that not carry any
mutations are still obscure. Moreover, even in FOP patients bone formation is not always observed
in their soft tissues. Bone formation seems to be rather a result of injuries and inflammation, which
strongly suggests a link between immune response and HO. In vivo studies using rabbits showed that
bacterial transplantation into tibia bone increased inflammation-driven bone formation. In the same
study, lipoteichoic acid (LTA)—the bacterial cell-wall derived toll-like receptor 2 (TLR2) activator—was
identified as an osteo-stimulatory factor [171]. Other studies involving FOP patients-derived connective
tissue progenitor cells revealed that such cells present much higher expression of TLRs in comparison
to cells that are expressing normal ACVR1 receptor. That effect was even more significant after TNFα
treatment of examined cells. The same study also revealed that TLR signaling can induce SMAD1/5/8
phosphorylation. Additionally, ECSIT, complex including TAK1 and TRAF6, which plays pivotal role
in TLR-mediated NK-kB and SMAD1/5/8 signaling, was identified as a link between TLR-pathway
and BMP pathway in human FOP-connective tissue progenitor cells [172,173]. As described above,
normal cells, not carrying any mutations in ACVR1, can undergo osteogenesis after BMP stimulation.
Thus, development of heterotopic bone provides the signaling environment in which BMP level is
sufficient enough to stimulate the cells to form the bone [163]. Results of these reports together
suggest that main mechanism of HO formation is connected with TGFβ/BMP signaling, especially
SMAD1/5/8 action, which leads to expression of osteogenic transcription factors. Factors present in
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damaged tissue lead also to activation of mTOR, WNT or TLR pathways which may cross-talk with
TGFβ/BMP or independently promote osteogenic factors expression and induce HO formation. Even
small ossification within tissue provide a BMP rich environment, which further stimulates neighboring
cells to follow osteogenic differentiation and support newly creating bone growth. However, it still
remains unclear why spontaneous HO is observed or how that process is induced and regulated
(Figure 2).

Figure 2. Possible signaling mechanisms of ectopic osteogenesis in skeletal muscles. BMPs
bind to homomeric type II receptors which phosphorylate homomeric type I receptor and induce
SMAD-dependent and SMAD-independent signaling. In the SMAD-dependent signaling SMADs 1,
5 or 8 complex with SMAD4 and translocate to the nucleus where recruit RUNX2 and other co-factors
to regulate osteogenic gene expression. TGFβ binds to complex of two TGFβ types I receptors (TβRI)
and two type II receptors (TβRII), which phosphorylate each other and induce SMAD-dependent and
SMAD-independent signaling. In the SMAD-dependent signaling activated SMAD2/3 form complex
with SMAD4. Complex translocates to the nucleus where recruits co-factors and regulates target gene
expression. Activated SMAD3 recruits HDACs which inhbit RUN2 activity. In the SMAD-independent
pathway, regardless of the ligand bind to the receptors, TAK1 recruits TAB1 to initiate p38 MAPK
or ERK1/2 MAPK signaling cascade. MAPK phosphorylates and activates RUNX2, DLX5, and OSX
transcription factors. Activation of TLR singaling pathways by PAMPs and DAMPs lead to activation
of nuclear factor-kappaB (NF-κB), which controls the expression of an array of inflammatory cytokine
genes and BMPs. WNTs bind to Frizzled (Fzd) receptors and activate the canonical WNT pathway
which leads to accumulation of β-catenin in the cytoplasm. β-catenin is translocated to the nucleus
where forms complex with TCF1 which acts as transcriptional activator of Runx2. Low level of oxygen
(hypoxia) induces the mTOR pathway. HIF1α, a downstream intermediate in mTOR signaling, is a key
transcriptional regulator of the cellular response to hypoxia. It forms complex with HIF1β and as HIF1
enters to the nuclei where regulates target gene expression.

5. Future Therapeutic Options

Currently, a clinical trial phase 3 of highly specific retinoic acid receptor γ (RARγ) agonist, R667
(palovarotene), carried out by Clementia Pharmaceuticals involves 90 FOP patients (NCT03312634).

234



Cells 2020, 9, 1324

RAR is a strong inhibitor of chondrogenesis. Stimulation of its γ subtype reduces in BMP signaling
by lowering SMAD1/5/8 phosphorylation and as a result decreases HO formation. The safety profile
of this drug is being carefully assessed due to the teratogenic potential of RAR agonists and other
side effects, including cheilitis, xerosis, dryness of mucous membranes, inhibition of growth plates in
children, hearing and vision impairment [70,174]. Another investigated strategy is blocking mutant
ACVR1. The ACRV1 stimulates BMP through SMAD1/5/8 signaling and promote HO. Such approaches
involve anti-Activin A antibody (REGN2477) and which is currently at phase 2 of randomized control
trial for 44 FOP patients (NCT03188666, Regeneron Pharmaceuticals) [175]. Other ACVR1 direct
inhibitors (AZD0530 and PD 161570) are being investigated. The AZD0530 difumarate inhibits both
BMP and TGFβ signaling. Phase 2 study involving AZD0530 (Saracatinib) to prevent FOP is currently
carried out by VU University Medical Center (NCT04307953) [176]. The other treatment strategies
include a local application of apyrase, which influences the BMP-SMAD pathway by the reduction of
SMAD1/5/8 phosphorylation [177]. The BMP receptor antagonists, such as noggin, also inhibit HO
in animal models [178]. Researchers also suggest that pharmacological inhibition of HIF1α using
PX-478, rapamycin, apigenin, or imatinib can reduce pathologic extraskeletal bone formation [144,179].
Recently, gene therapy opportunities raised for HO. Non-virus-mediated transfer of small interfering
RNA (siRNA) particles against mRNA encoding Runx2 and Smad4 inhibited HO in rats after Achilles
tenotomy [180]. The siRNA could also possibly directly block mutant ACVR1 as a therapeutic option
in future studies [179]. Additionally, the immune system may be a potential target for HO prevention.
Neutralizing antibodies against immune checkpoint proteins (ICs) block limit the extent of HO in
animal studies [9].

6. Conclusions

In this review we summarize current knowledge on the development of different forms of HO.
Numerous projects involving analysis of patients’ tissues and also animal models allowed great
advancement in the understanding of this pathology. However, we are still not certain about the
precise sources of the osteogenic progenitors involved in this pathology. Additionally, the knowledge
on the signaling pathways deregulated despite being enormous is still not sufficient to design the
properly targeted treatment. Nevertheless, what we already know allowed us to propose several
hope-giving therapeutic approaches which are currently tested. Thus, more work needs to be done,
but it seems that we are on the proper path.
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Abbreviations

ACVR1/ALK2 Activin A receptor type 1/activin-like kinase 2
ALP alkaline phosphatase
BAF60c 60 KDa BRG-1/Brm-Associated Factor Subunit C
BAP bone-specific isoform of alkaline phosphatase
BMP bone morphogenetic protein
CD cluster of differentiation
CDC6 cell division cycle 6 protein
COL-1 collagen alpha 1
COX-2 cyclooxygenase-2
CRP C-reactive protein
CTDA cervical total disc arthroplasty
CTX-1 type I collagen cross-linked C-telopeptide
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Dlx5 Distal-Less Homeobox 5
DVT deep venous thrombosis
ECM extracellular matrix
ENO3 enolase 3
ERK extracellular signal-regulated kinase
FAP fibro-adipogenic progenitors
FOP fibrodysplasia ossificans progressive
FSP1 fibroblast-specific protein 1
GLAST glial high affinity glutamate transporter
GLI1 glioma-associated oncogene 1
GNAS guanine nucleotide-binding protein, subunit alpha
HDAC histone deacetylase
HGF hepatocyte growth factor
HIF1α hypoxia-inducible factor 1α
HLA human leukocyte antigen
HO heterotopic ossification
ID-1 DNA-Binding Protein Inhibitor ID-1
IFN γ interferon γ

IFOPA international FOP Association
IGF1 insulin-like growth factor 1
IL Interleukin
iPSC induced pluripotent stem cell
LTA lipoteichoic acid
MAPK mitogen-activated protein kinases
MCK muscle creatine kinase
MCM2 minichromosome maintenance complex component 2
MCP-1 monocyte chemoattractant protein-1
MHC myosin heavy chains
miRNA microRNA
MIS micro-invasive surgery
MRF myogenic regulatory factor
MRI magnetic resonance imaging
MRSA methicillin-resistant Staphylococcus aureus
MSC mesenchymal stromal cell
mTOR mammalian target of rapamycin
NF-κB Nuclear factor-κB
NG2 neural-glial antigen 2
NHO neurogenic heterotopic ossification
NSAID nonsteroidal anti-inflammatory drug
NT-3 neurotrophin-3
OC/BGLAP osteocalcin/Bone Gamma-Carboxyglutamate Protein
OMD Osteomodulin
OSX/Sp7 Osterix
Pax7 paired box transcription factor 7
PDGFRα platelet derived growth factor receptor α
PGE2 prostaglandin E2
PIC PW1 interstitial cell
POH progressive osseous heteroplasia
Prx1 peroxiredoxin Prx1
ROM range of motion
RT Radiotherapy
RUNX2 runt-related transcription factor 2
SC satellite cell
SCA1 stem cell antigen 1
SCI spinal cord injury
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Scx Scleraxis
Sox6 SRY-Box Transcription Factor 6
SP cell side population cell
SPECT single-photon emission computed tomography
SWI/SNF SWItch/Sucrose NonFermentable
TAB1 TAK1 binding protein
TBI traumatic brain injury
TBX18 T-box transcription factor 18
TCF1 T cell factor 1
TGFβ transforming growth factor β
THR total hip replacement
TIE2 angiopoietin receptor
TLR toll-like receptor
TNF-α tumor necrosis factor-α
TRAF6 TNF Receptor Associated Factor 6
TWIST2 Twist Basic Helix-Loop-Helix Transcription Factor 2/DERMO1
VE-cadherin vascular endothelial cadherin (Cdh15)
VEGF vascular endothelial growth factor
VTE venous thromboembolism
WNT wingless/integrated
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Abstract: The interstitial space surrounding the skeletal muscle fibers is populated by a variety of
mononuclear cell types. Upon acute or chronic insult, these cell populations become activated and
initiate finely-orchestrated crosstalk that promotes myofiber repair and regeneration. Mass cytometry
is a powerful and highly multiplexed technique for profiling single-cells. Herein, it was used to
dissect the dynamics of cell populations in the skeletal muscle in physiological and pathological
conditions. Here, we characterized an antibody panel that could be used to identify most of the cell
populations in the muscle interstitial space. By exploiting the mass cytometry resolution, we provided
a comprehensive picture of the dynamics of the major cell populations that sensed and responded to
acute damage in wild type mice and in a mouse model of Duchenne muscular dystrophy. In addition,
we revealed the intrinsic heterogeneity of many of these cell populations.

Keywords: single-cell; mass cytometry; skeletal muscle regeneration; skeletal muscle homeostasis;
fibro/adipogenic progenitors; myogenic progenitors; muscle populations

1. Introduction

In physiological conditions, the adult skeletal muscle has a relatively low cell turnover [1].
However, physical activity, trauma, or muscle pathologies, undermining tissue integrity, trigger a
tightly controlled regeneration process. Although satellite cells (SCs) are the main actors of myofiber
regeneration after damage [2–6], successful muscle healing requires the participation of additional
cell types that directly or indirectly contribute to this process. In this context, immune cells and
fibro/adipogenic progenitors (FAPs) play a prominent role in supporting the clearance of the damaged
tissue, while assisting SCs in their regenerative role [7–11]. However, the orchestrated crosstalk of
the regeneration machinery gradually fails in patients affected by muscle-related disorders, such as
dystrophies [12]. Here, the accumulation of intrinsic cell defects and the changes in the stem cell niche
lead to infiltrations of fat and fibrotic deposition, compromising muscle functions [9,13–16].

Over the past decades, the complex cell crosstalk occurring during muscle regeneration has been
studied in detail [17–19]. However, to date, most studies have mainly relied on the analysis of bulk
cell populations identified by the expression of a few specific markers and sorted for ex vivo analysis.
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As a consequence, due to the lack of technologies suitable to address this issue, little is known about
muscle cell population heterogeneity. Only recently, the development of technologies to determine
the transcriptome of single-cells or their exposed antigen repertoires has permitted to reveal the
extent of this heterogeneity and its possible implication in muscle physiology and pathology [20–24].
Moreover, the dynamic changes and the relative abundance of muscle cell populations, upon acute or
chronic damage, still remain largely uncharacterized. To fill this gap, we explored, via single-cell mass
cytometry, the changes in the multidimensional antigen repertoires of the main players, colonizing the
muscle stem cell niche after injury. Here, we described, at single-cell resolution, the time-dependent
changes of muscle population dynamics upon myotoxin-induced damage in wild type (wt) and in a
mouse model of Duchenne muscular dystrophy (the mdx model).

2. Materials and Methods

2.1. Mouse Strains and Animal Procedures

C57BL/6J (RRID:IMSR_JAX:000664) and C57BL/10ScSn-Dmdmdx/J mice (RRID:IMSR_JAX:001801),
hereafter referred to as wt and mdx mice, respectively, were purchased from the Jackson Laboratory.

Mice were bred respecting the standard animal facility procedures, and all the procedures were
conducted in accordance with rules of good animal experimentation I.A.C.U.C. n◦432 of 12 March 2006
and under ethical approval released on 23/October/2017 from the Italian Ministry of Health, protocol
#820/2017-PR.

For muscle injury, 45-day-old wt and mdx mice were anesthetized with an intramuscular injection
of saline solution containing ketamine (5 mg/mL) and xylazine (1 mg/mL) prior to the intramuscular
administration of 20 μL of 10 μM cardiotoxin solution, isolated from Naja Pallida (Latoxan L8102, Portes
les valence, France), into tibialis anterior, quadriceps, and gastrocnemius muscles.

2.2. Histological Analysis

Tibialis anterior (TA) muscles were collected, embedded in optimal cutting temperature compound
(Killik—O.C.T., Bio Optica, Milan, Italy), and snap-frozen in liquid nitrogen for 10 s. Embedded
muscles were stored at −80 ◦C for transverse cryo-sectioning with a Leica cryostat. Cryosections
(10 μm thickness) were collected on Superfrost glass slides (Thermo Fisher Scientific, Monza, Italy),
and tissue slides were stained with hematoxylin and eosin (H&E).

For the H&E, cryosections were fixed with 4% paraformaldehyde (PFA, Santa Cruz Biotechnology,
D.B.A. Italia S.r.l., Segrate Milan, Italy) for 15 min at room temperature (RT). After washing in 1X PBS,
tissue slides were incubated in the hematoxylin solution for 15 min and rinsed for 5 min in tap water.
Cryosections were then counterstained with an alcoholic solution of eosin for 30 min. Following the
eosin staining, cryosections were dehydrated in increasing concentrations of alcohol, clarified with the
histo-clear solution (Agar Scientific Ltd, Stansted, UK), and finally mounted on coverslips, using the
resinous Eukitt mounting medium (Electron Microscopy Sciences, Hatfield Township, PA, USA).

H&E images were captured using the Zeiss Lab A1 AX10 microscope at the 20×magnification in
the bright field.

2.3. Skeletal Muscle Mononuclear Cell Purification

Isolation of mononuclear cell populations was performed as in Spada et al. [25]. Mice were
sacrificed by cervical dislocation, and the hind limbs were washed with 70% ethanol. Mice hind
limbs were then dissected and finely minced in Hank’s balanced salt solution (HBSS) with calcium
and magnesium (Gibco- Thermo Fisher Scientific, Monza, Italy) supplemented with 0.2% bovine
serum albumin (BSA) (AppliChem, Cinisello Balsamo, Milan, Italy) and 1% penicillin-streptomycin
(P/S) (Life Technologies, Monza, Italy, 10,000 U/mL) (HBSS+) under a sterile hood. The homogenized
tissue preparation was centrifuged at 70× g for 10 min at 4 ◦C to separate fat and subjected to
enzymatic digestion for 1 h at 37 ◦C, with gentle mixing in a solution containing 2 μg/μL collagenase A
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(Roche- Merck KGaA, Darmstadt, Germany), 2.4 U/mL dispase II (Roche- Merck KGaA, Darmstadt,
Germany), and 10 μg/mL DNase I (Roche- Merck KGaA, Darmstadt, Germany) diluted in Dulbecco’s
phosphate-buffered saline (D-PBS) with calcium and magnesium (Gibco-Thermo Fisher Scientific,
Monza, Italy). The reaction was inactivated with HBSS+, and the cell suspension was subjected to three
sequential filtrations through 100 μm, 70 μm, and 40 μm cell strainers (BD Falcon, BD Italia, Milan,
Italy) and centrifugations at 700× g for 5 min. The lysis of red blood cells was performed by incubating
with RBC Lysis Buffer (Santa Cruz Biotechnology, D.B.A. Italia S.r.l., Segrate, Milan, Italy) for 150 s on
ice, prior to the 40 μm filtration step.

2.4. Single-Cell Mass Cytometry

For single-cell mass cytometry experiments, 3 × 106 cells were used for each condition. Each time
point was analyzed in triplicate, starting from mononuclear cells purified from three different mice.
Cells were centrifuged at 600× g for 5 min and washed in D-PBS w/o calcium and magnesium (BioWest-
VWR INTERNATIONAL PBI S.r.l., Milan, Italy). To minimize the inter-sample antibody staining
variation, we applied a mass-tag barcoding protocol on fixed cells. Cells were fixed with 1 mL of Fix I
Buffer (Fluidigm, South San Francisco, CA, USA) and then incubated for 10 min at RT. The fixation was
quenched with Barcode Perm Buffer (Fluidigm, South San Francisco, CA, USA). The different samples
were barcoded by individually incubating the cell suspensions with the appropriate combination of
palladium isotopes from the Cell-IDTM 20-Plex Pd Barcoding Kit (Fluidigm, South San Francisco, CA,
USA) in Barcode Perm Buffer for 30 min at RT. The staining was quenched with MaxPar Cell Staining
Buffer (Fluidigm, South San Francisco, CA, USA).

The antibody staining with metal-tagged antibodies that target surface and intracellular antigens
was performed on the samples pooled after mass-tag barcoding. Samples were collected in a single tube,
and the surface antibody staining protocol was performed according to manufacturers’ instructions
for 30 min at RT. Surface-stained cells were then washed twice with MaxPar Cell Staining Buffer
(Fluidigm South San Francisco, CA, USA) and permeabilized with ice-cold methanol for 10 min on
ice. Membrane-permeabilized cells were washed twice with MaxPar Cell Staining Buffer (Fluidigm,
South San Francisco, CA, USA) and incubated with antibodies against intracellular antigens for 30 min
at RT according to manufacturers’ instructions. The full list of antibodies is detailed in Table 1. All the
antibodies listed were purchased from Fluidigm (South San Francisco, CA, USA). After intracellular
antibody staining, cells were washed twice with MaxPar Cell Staining Buffer and stained for 1 h at RT
with the intercalation solution, composed of Cell-ID Intercalator-Ir (191Ir and 193Ir, Fluidigm South
San Francisco, CA, USA) in MaxPar Fix and Perm Buffer (Fluidigm, South San Francisco, CA, USA)
at a final concentration of 125 nM. Cells were washed twice with MaxPar Cell Staining Buffer and
MaxPar Water.

For mass cytometry analysis, cells were resuspended at the final concentration of 2.5× 105 cells/mL in
MaxPar Water containing 10% of EQTM Four Element Calibration Beads (Fluidigm, South San Francisco,
CA, USA) and filtered through a 30-μm filter-cap FACS tube. Samples were kept on ice prior to the
acquisition by using the mass cytometry platform CyTOF2 System (Fluidigm, South San Francisco,
CA, USA).
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Table 1. List of the metal-tagged antibodies used in the mass cytometry experiments.

Antibody Metal

Anti-mouse CD45 147Sm
Anti-mouse Ly-6A/E (SCA1) 164Dy
Anti-mouse CD90.2 (Thy-1.2) 156Gd

Anti-mouse CD146 141Pr
Anti-mouse F4/80 146Nd

Anti-mouse CD140α 148Nd
Anti-mouse CD140β 151Eu

Anti-mouse α7-integrin 161Dy
Anti-mouse CD206 169Tm
Anti-mouse CD34 144Nd

Anti-mouse CXCR4 159Tb
Anti-mouse CD4 172Yb

Anti-mouse CD25 (IL-2R) 150Nd
Anti-vimentin 154Sm

Anti-CD31 (PECAM-1) 165Ho
Anti-pan-actin 175Lu

Anti-mouse interleukin-6 (IL-6) 167Er
Anti-phospho-Akt (S473) 152Sm

Anti-phospho-Stat1 (Y701) 153Eu
Anti-phospho-Erk1/2 (T202/Y204) 171Yb

Anti-phospho-Stat3 (Y705) 158Gd
Anti-cleaved caspase3 142Nd

Anti-phospho-Creb 176Yb

CD: Cluster Differentiation; SCA1: Stem Cell Antigen1; CXCR4: C-X-C Motif Chemokine Receptor 4; PECAM-1:
Platelet Endothelial Cell adhesion-1; Akt: RAC alpha serine/threonine-protein kinase; Stat1: Signal Transducer and
activator of transcription 1; Erk1/2: Extracellular signal-regulated kinases 1, 2; Stat3: Signal transducer and activator
of transcription 3; cleaved caspase3: cysteine-aspartic proteases; Creb: cAMP response element-binding protein.

2.5. CyTOF Data Analysis

Following data acquisition, channel intensity was normalized using calibration beads [26], and the
normalized fcs file was de-barcoded by using the Debarcoder software (Fluidigm, South San Francisco,
CA, USA). Data have been pre-processed using the Cytobank software platform [27]. Cells were
manually gated from debris on the basis of DNA content monitored by the incorporation of the iridium
(Ir) intercalator. Doublets were then excluded according to the event length parameter, and single
live cells were finally manually gated by using the cisplatin (Pt) intercalator signal. Manually gated
singlet (191Ir+ 193Ir+), viable (195Pt−) events were imported into Cytofkit for further analysis [28].
Cytofkit [28] parameters were set as follows: 14 biomarkers were included for clustering all the detected
live cells per sample (“all” merge method); transformation method: cytofAsinh; FlowSOM was used
as clustering algorithm with k = 15, tSNE perplexity set to 30; 2000 iterations and seed: 42.

Data were analyzed with Cytofkit shiny app [28] https://github.com/JinmiaoChenLab/cytofkit)
and R scripts. Gating for marker-positive cells was performed by setting the mean +/- standard
deviation as a threshold, depending on the expression value distribution of the specific marker.

2.6. Statistical Analysis

The experiments were performed at least in biological triplicates, that is, from at least 3 independent
mononuclear cell preparations for each experiment. Only for the time point at day 5 in the wild type
time series, we had just two biological repeats. Results were presented as mean ± SEM unless otherwise
mentioned. Statistical evaluation was done by using One-way or Two-way ANOVA. Comparisons were
considered statistically significant at * p < 0.05; ** p < 0.01; *** p < 0.001; **** p < 0.0001. All statistical
analysis was performed using Prism 6 (GraphPad, San Diego, CA, USA).
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3. Results

3.1. Histological Profiling of Skeletal Muscle Tissue from wt and mdx Muscles Following Acute Damage

To gain insights into the skeletal muscle repair process, we aimed at describing the dynamics of
muscle cell populations following acute damage. To induce muscle injury, we used a well-established
protocol based on the injection of the snake (Naja pallida) myotoxin (cardiotoxin, CTX) into the hind
limb muscles of wt and mdx dystrophic mice (Figure 1A) [29,30]. Cardiotoxin, by inhibiting protein
kinase C (PKC), induced the increase of cytosolic calcium, causing myofiber myolysis that, in turn,
triggers regeneration [31–33]. First, we monitored, by hematoxylin and eosin staining, the changes in
the skeletal muscle architecture at five different time points that were chosen to monitor the key events
of the muscle healing process after damage: necrosis, inflammation, regeneration, and remodeling
(Figure 1B,C).

Sections of uninjured wt muscles were characterized by polygonal fibers of uniform size containing
peripheral nuclei (Figure 1B) [34]. Upon CTX injection, the skeletal muscle underwent degeneration,
setting in motion the regeneration process. The degeneration of the muscle architecture was clearly
observable at day 1 after injury, while interstitial cells, either resident cell populations [8] or infiltrating
immune cells [35], became conspicuous at day 3 after damage. The regeneration process was completed
after 20 days, as highlighted by the presence of multinucleated regenerated myofibers.

The mdx skeletal muscle, on the other hand, even in the absence of acute insult, was characterized
by infiltrating inflammatory interstitial cells and centrally nucleated myofibers of different sizes,
hallmarks of the dystrophic pathology (Figure 1C) [12,36,37]. Following CTX injection, the injured
tissue underwent a regeneration process, without being apparently impacted further by extensive
necrosis. If anything, the mdx muscle seemed to be more resilient to the myotoxin-induced damage
and did not undergo the massive structural damage that was observed early after cardiotoxin injection
in the wt muscle. Altogether, the histological analysis showed that the muscles from the two genetic
backgrounds responded differently to CTX-induced injury.

3.2. Single-Cell Quantitative Profiling of Skeletal Muscle Populations Following Myotoxin-Induced Injury

Next, we sought to characterize the different mononuclear cell populations in the two mouse
models and monitor their abundance changes during the regeneration process. To this end, we resorted
to using mass cytometry [8].

In wt muscles, the number of isolated mononuclear cells increased after damage and peaked
at day 3 to return to almost baseline levels at day 10 (Figure 1D). In contrast, consistent with the
resilience of the mdx muscle observed in the histological analysis, this response was not detected in
the injured muscles of mdx mice, where the mononuclear cell number remained constant over the
whole regeneration process (Figure 1E).

The mononuclear cell samples from both animal models were separately barcoded and labeled
with a panel of 23 metal-tagged antibodies (Table 1) targeting antigens expressed by muscle resident
cells and/or by cell populations from the hematopoietic compartment. Mononuclear cells were purified
from the uninjured and injured muscles at five time-points and, after barcoding and labeling, analyzed
with a CyTOF2 mass cytometer in a single-run experiment [38]. Signals were debarcoded, and live
cells were identified using the cisplatin (Pt) intercalator signal. Live/dead cell analysis highlighted that
dead wt cells significantly increased at day 3 (Figure S1A), while for mdx muscles, the live/dead cell
ratio remained constant (Figure S1B).

Single-cell data were analyzed by applying, as a dimensionality reduction method, the t-distributed
stochastic neighbor embedding (t-SNE) algorithm implemented in Cytofkit [28,39].

251



Cells 2020, 9, 1723

 

Figure 1. Cardiotoxin-induced injury on wild type (wt) and a mouse model of Duchenne muscular
dystrophy (mdx) skeletal muscle tissue. (A) Experimental procedure. 45-day-old wt and mdx mice
were injected intramuscularly with cardiotoxin (CTX) (10 μM), and the skeletal muscles were analyzed
1, 3, 5, 10, and 20 days (d) after injury. (B) Representative hematoxylin and eosin staining of uninjured
wt tibialis anterior (TA) muscles and regenerating wt TA muscles at 1, 3, 5, 10, and 20 days after
intramuscular CTX injection. Regenerating muscles were characterized by centrally located nuclei at
day 5, but reconstituted multinucleated myofibers by day 10. (C) Representative hematoxylin and
eosin staining on histological sections of uninjured and regenerating mdx TA muscles at 1, 3, 5, 10,
and 20 days after intramuscular CTX injection. All along the considered time points, mdx muscles
were characterized by infiltrating inflammatory interstitial cells and centrally nucleated myofibers of
different sizes. (D,E) The number of cells (in millions) extracted from uninjured and CTX-injured wt (D)
and mdx (E) mice (n=3; for 5d wt time point, n=2). All data were represented as mean ± SEM, and the
statistical significance was estimated by two-way ANOVA (**** p < 0.0001). (B,C) 20×magnification;
scale bar: 100 μm.

As the readouts of phospho-antibodies were barely above the background signal, albeit cell-specific
(Figure S2), they were not considered in this analysis. The readouts of the 14 antigens in Figure 2A
were used as input for the t-SNE algorithm. This approach yielded a two-dimensional map of the
antigenic expression profiles of mononuclear cell populations in the wt skeletal muscle (Figure 2A)
and led to the identification of 15 different cell clusters (Figure 2B).

The 15 identified clusters (Figure 2B) were further grouped into eight cell types by matching their
expression profile to that of cell types already described in the literature [20,40]. More specifically, we
were able to identify populations expressing antigens typical of immune cells (CD45+) (clusters 7, 8, 12,
13, 14, and 15), macrophages (CD45+ and F4/80+) (clusters 7, 13, and 14), myogenic progenitors (MPs)
(α7-integrin+) (cluster 1), fibro/adipogenic progenitors (FAPs) (SCA1+, CD34+, CD140α+, CD90.2+,
and vimentin+) (cluster 10), endothelial progenitor cells (CD31+) (clusters 3 and 4), pericyte-like cells
(CD146+ and CD140β+) (cluster 11), and mesenchymal-like cells (CD90.2+) (cluster 5). The expression
profiles of three remaining non-abundant clusters (clusters 2, 6, and 9) could not be matched to any of
the already described muscle cell types and were collectively dubbed “others” (Figure 2B,C).
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Figure 2. Dynamic changes of mononuclear cell subpopulations in wt muscles during regeneration.
(A) The different mononuclear cell samples from uninjured and CTX-injured wt hind limb muscles
were merged to create a single t-distributed stochastic neighbor embedding (t-SNE) map; colored
according to expression levels of SCA1, CD90.2, α7-integrin, CD146, CD34, CD25, CD45, CD31, CD206,
F4/80, CD140β, CXCR4, vimentin, and CD140α (blue: low expression; red: high expression of the
selected marker). (B) FlowSOM heatmap of column normalized (Z-score) marker expression for each
of the 15 identified clusters. Colors varied according to the expression level of the considered marker
in a blue to red scale, indicating low to high expression, respectively. (C) Cell clusters defined by the
FlowSOM analysis were assigned to arbitrary colors (yellow: immune cells; light blue: macrophages;
pink: myogenic progenitors (MPs); dark green: fibro/adipogenic progenitors (FAPs); red: endothelial
progenitors; blue: pericyte-like cells; light green: mesenchymal-like cells; purple: other). (D) Time
course of the variation in cell subpopulation abundance upon CTX-induced injury. The dynamic
changes were illustrated by density plots, colored according to cell density (blue: low density; red:
high density).

As we analyzed samples at different time points, we could also monitor the dynamic of cell
populations after CTX damage. The picture in Figure 2C, in fact, was not static as the relative
abundance of the different cell populations changed along the regeneration process. These could be
best appreciated by comparing the bidimensional t-SNE maps at different time points (Figure 2D). Here
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the colors, relating to cell density, from blue (low density) to red (high density), allowed to appreciate
the significant changes in the cell population proportions during regeneration.

To quantitatively describe the dynamics of these changes, we first classified the observed cell
populations into two main clusters according to CD45 expression: (i) the immune (CD45+) and the
(ii) non-immune (CD45−) subpopulations of mononuclear cells. The data were shown as population
relative abundance in the mononuclear cell preparations analyzed in the CyTOF. However, this data
representation could be easily transformed into changes in the absolute numbers of each cell population
in the mouse muscle as the total number of mononuclear cells in each condition was known (Figures S3
and S4). The curve trends in the two representations were similar.

We first focused on CD45+ hematopoietic cells as they play a critical role in the regeneration process
by sending regulatory signals by removing the damaged-fiber debris and by stimulating proliferation
and differentiation of myogenic progenitors [19,41–45]. In a homeostatic muscle, approximately 60%
of the mononuclear cells exposed the CD45 antigen. This cell compartment increased in number,
after damage, to peak at days 1 and 3 (Figure 3A).

 

Figure 3. Characterization of the cell-population density rearrangements induced by CTX in the
wt skeletal muscle after 1, 3, 5, 10, 20 days. (A) Bar plots, showing the CD45- (blue) / CD45+ (red)
ratio in mononuclear cells from wt skeletal muscles at different time points after CTX injury. Data
were represented as mean, while the statistical significance was estimated by two-way ANOVA.
(B–H) Identification in the t-SNE maps of mononuclear cell populations. The different plots were
color-coded according to the expression of surface antigens that characterize the relevant cell types.
The bar plots quantitated the variation in population abundance in the wt limb muscles at different
times during regeneration. Cell percentages were assessed on the total number of cells in each sample
(n = 3; for 5d wt time point, n = 2). The statistical significance was estimated by one-way ANOVA.
All data were represented as mean ± SEM, and the statistical significance was defined as * p < 0.05;
** p < 0.01; *** p < 0.001; **** p < 0.0001.

In physiological conditions, a fraction of the hematopoietic cells, less than 2% of the total recorded
events, also expressed the F4/80+ antigen, a pan-macrophage marker (Figure 3B). However, already
3 days after injury, the macrophage population significantly increased, reaching a maximum of
approximately 40%. At later times, macrophage abundance gradually decreased, returning close
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to baseline levels at day 20. The macrophage population is not homogeneous as it contains
pro-inflammatory (M1) and anti-inflammatory (M2) macrophages that differ in the expression of the
CD206 antigen and play a different role in muscle regeneration [46,47].

Noteworthy, CD206+M2 macrophages, which are responsible for the resolution of the inflammatory
response [48–50], increased significantly on day 5 at the expense of inflammatory macrophages M1
that peaked at day 3 (Figure 3B,C).

We next focused on the cell populations that did not express the CD45 antigen. This group included
the two main players of the regeneration process: myogenic progenitors (MPs) and fibro/adipogenic
progenitors (FAPs) [5,6,8,51,52]. Our single-cell analysis revealed that both cell types more than
doubled in number from day 3 to 10 (Figure 3D,E).

We could not obtain mass cytometry grade antibodies, specifically recognizing the paired box
protein PAX7 antigen, which labels satellite cells. Thus, we resorted to using the α7-integrin antigen
as a marker of the myogenic progenitor (MP) cluster (Figure 3D), including both satellite cells and
myoblasts. Within the population expressing α7-integrin, we could identify two smaller clusters
expressing different levels of vimentin (Figure S1C). During regeneration, the MP cell population,
after an initial decrease, became more populated (Figure 3D). The relative abundance of the two
subpopulations changed in time with the vimentin expressing MP, significantly increasing in number
at day 3 (Figure S1C). At day 3 post-injury, the MPs accounted for about 6% of the total recorded
cell events.

The FAP compartment was defined in our t-SNE map by a cluster of cells expressing SCA1, CD34,
CD140α, CD90.2, and vimentin. Similar to the MP population, albeit with a different trend, the FAP
population became more numerous as the regeneration process progressed, reaching the maximum
expansion between 5–10 days after CTX injury (about 11.3% of total events), to return to almost control
levels at day 20 (Figure 3E).

Our analysis also allowed us to characterize the kinetic of vessel-associated populations during
regeneration [53,54]. These were identified, among CD45 negative cells, as they expressed the CD31
antigen. We were able to distinguish two subpopulations of cells expressing additional markers of
endothelial populations at different levels (SCA1, CD146, and CD34) (Figure S1D). CD31 cluster 4 was
considered a myoendothelial cell subpopulation, containing cells that also express high levels of the
α7-integrin antigen [55]. Overall, we observed that the whole endothelial progenitor pool followed
a kinetic that was different from the populations examined so far. They decreased significantly in
number in the first few days after damage and then increased over the homeostatic level toward the
end of the regeneration process (Figure 3F).

We also considered a population of cells whose expression profile was reminiscent of that of
pericytes [56,57]. They were characterized by the expression of CD146, CD140β, and α7-integrin
(Figure 3G). These pericyte-like cells followed a trend that was very similar to that of endothelial cells,
with a sharp decrease early after damage and a rapid increase in the late regeneration phase, when
vascularization took place (Figure 3G). We also looked at a cluster of cells that we were not able to
match to any of the cell types described so far. We dubbed this population as mesenchymal-like cells,
as they were highly positive for CD90.2 and CD140β markers. The abundance of this population
followed a kinetic that seemed to be governed by the regeneration process and was also very similar to
that of the classical endothelial cells (Figure 3H).

3.3. Single-Cell Profiling of the mdx Muscle

We further aimed at characterizing the response to acute damage and the ensuing regeneration
process in the mdx dystrophic muscle. Mononuclear cells were isolated from the uninjured and
CTX-injured skeletal muscles of mdx mice, following the same procedure described for the wt in the
previous section (Figure 4A–D). Mononuclear cells were separated from muscle fibers, barcoded, labeled
with the same antibody panel, and prepared for mass cytometry. The resulting single-cell antigen
expression profile was processed, as described for the wt cells, in order to obtain a two-dimensional
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representation of antigen expression in the different cell types. As the wt and mdx mass cytometry
analyses were performed at different times, the resulting t-SNE maps could not be directly compared
(Figures 2A and 4A). However, by comparing the antigen expression profiles in the different clusters,
we were able to associate each cluster to one of the main muscle mononuclear cell types and match it
to those observed in the wt (Figure 4B,C). As observed in injured-recovering wt muscles, the relative
numerosity of the different cell populations also changed after damage and during regeneration in the
mdx model (Figure 4D).

 

Figure 4. Identification of the main mdx skeletal muscle cell populations upon CTX-induced injury.
(A) A mononuclear cell suspension was purified from uninjured and CTX-injured mdx hind limb
muscles. The different samples were combined, barcoded, and analyzed to create a single t-SNE map
colored according to SCA1, CD90.2, α7-integrin, CD146, CD34, CD25, CD45, CD31, CD206, F4/80,
CD140β, CXCR4, vimentin, and CD140α expression levels (blue: low expression; high expression of
the selected marker). (B) FlowSOM heatmap of column normalized (Z-score) marker expression for
each of the 15 clusters identified by Cytofkit analysis. Colors varied according to the expression level of
each considered marker in a blue to red scale, indicating low and high expression, respectively. (C) Cell
population clusters defined by overlapping the expression for each of the different analyzed antigens
were projected onto t-SNE space and assigned to specific colors (yellow: immune cells; light blue:
macrophages; pink: myogenic progenitors (MPs); dark green: fibro/adipogenic progenitors (FAPs); red:
endothelial progenitors; blue: pericyte-like cells; purple: other). (D) Density plots colored by density
(blue: low density; red: high density), showing cell abundance variations at different times during the
regeneration process.
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The number of cells in the CD45+ compartment (clusters 9, 10, 11, 12, 13, 14, and 15), as a whole,
did not change significantly along the regeneration process (Figure 5A). However, the distribution of
cells in the different populations in the compartment was found to be highly dynamic. In particular,
macrophages (clusters 11, 14, and 15), which were already abundant in the mdx muscle before acute
damage, increased significantly in the early days after CTX treatment, as observed in the wt model, to
return to mdx baseline levels, approximately 30% of total mononuclear cells, at day 20 (Figure 5B). M2
macrophages, on the other hand, remained rather constant early after an injury to increase only late in
the regeneration process (Figure 5C).

 

Figure 5. Characterization of the population dynamics induced by CTX injury in the mdx skeletal
muscle at day 1, 3, 5, 10, 20 after injury. (A) Bar plots, showing the CD45- (blue) / CD45+ (red) ratio
in the mdx mononuclear cells at different time points after CTX injury. Data were represented as
mean, and the statistical significance was estimated by two-way ANOVA. (B) t-SNE maps, showing
the population gated as macrophage, colored for CD45 and F4/80 expression (red: high expression;
blue: low expression) together with the macrophage trend observed in uninjured and CTX-injured
mdx hind limb muscles. (C) M2 macrophages, expressing the CD206 antigen. (D) t-SNE maps of the
myogenic progenitor (MP) population colored according to the levels of α7-integrin expression (red:
high expression) and MP population dynamics during regeneration. (E) t-SNE maps, representing
fibro/adipogenic progenitors (FAPs) identified among uninjured and CTX-injured mdx hind limb
muscles, colored according to the expression of SCA1, CD34, CD140α, CD90.2, and vimentin (red:
high expression; blue: low expression). The bar plot illustrated the population dynamics during
regeneration. (F) Bar plots, showing the abundance of two different subclusters (cluster 1 and cluster 6)
of endothelial progenitor cells at different time points. (G) t-SNE maps of pericyte-like cells identified in
uninjured and CTX-injured mdx hind limb cell populations. Cell clusters were colored according to the
expression of CD146, α7-integrin, and CD140β (red: high expression; blue: low expression). The bar
plot illustrated the population dynamics during regeneration. Population abundance was assessed
by calculating the percentage of cells in any given population over the total number of mononuclear
cells in each sample (n = 3). The statistical significance was estimated by one-way ANOVA. All data
were represented as mean ± SEM, and the statistical significance was defined as * p < 0.05; ** p < 0.01;
**** p < 0.001.
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When compared to wt, myogenic progenitors (MPs) (cluster 4) and fibro/adipogenic progenitors
(FAPs) (cluster 2) followed a different trend. As the mdx muscle was under chronic stress, we observed
that both progenitor cell populations were more populated in the absence of acute damage. However,
while MPs decreased in number as early as one day after acute damage to return to unperturbed
levels at later times, FAPs remained at a constant high level along the whole regeneration process
(Figure 5D,E).

As already observed for the wt, also for the mdx mouse model, the CD31 expressing cells (clusters 1
and 6), defining endothelial progenitors, comprised two sub-populations differing for the expression of
α7-integrin and other markers (CD90.2, CD140β, and CXCR4) (Figure S1E). The population expressing
higher levels of α7-integrin was twice as abundant as the other. Nevertheless, both sub-populations
reacted similarly to acute damage and first dropped in abundance by a factor of approximately three,
to recover at the late stages of the regeneration process (Figure 5F). However, consistently, the cluster
enriched in α7-integrin expressing cells (cluster 6) had not fully recovered at day 20, suggesting
that the vascularization was still ongoing at times when histology seemed to indicate completion
of the regeneration process. This differed from what was observed in the wt. Consistent with this
consideration, and differently from what observed in the wt, also the pericyte-like population (cluster
5) behaved similarly, dropping in abundance immediately after damage and then slowly recovering
without, however, reaching full recovery at day 20 (Figure 5G).

4. Discussion

The skeletal muscle has a remarkable capacity to self-repair if damaged [7–10,49,58]. However,
this healing process may fail, owing to excessive damage, aging, or genetic disorders [12,59–62]. As a
consequence of this failure in the repair process, as in muscle dystrophies, the tissue undergoes
degeneration, leading to progressive muscle wasting and weakness characterized by chronic
inflammation and, at later stages, fat and fibrotic tissue infiltrations [9,13,14].

Here, we exploited the resolution power of mass cytometry to characterize the modulation of
the profile of the mononuclear cell population following chronic or acute damage [63–65]. To this
end, we assembled a panel of 23 metal-tagged antibodies and characterized, at the single-cell level,
the dynamics of muscle mononuclear cell populations after acute damage in wild type (wt) and in a
mouse model of Duchenne muscular dystrophy (mdx). The regeneration process was monitored by
examining samples of muscle mononuclear cells at 1, 3, 5, 10, and 20 days after cardiotoxin injection in
wt or mdx mice [29,30].

This approach yielded a reach multiparametric dataset, disclosing the details of how the
composition and heterogeneity of mononuclear cell populations changed in time as the muscle
healing process proceeded. By applying a dimensionality reduction technique, such as the t-distributed
stochastic neighbor embedding (t-SNE) algorithm, we generated bidimensional maps, providing
a visual description of the regeneration process. Furthermore, this representation contributed to
revealing subtle differences in the expression of specific markers in subpopulations within the major
clusters that identified “classical” muscle populations. This population heterogeneity could not be
only explained by experimental variability, even if any functional implication in muscle physiology or
pathology remains to be established. In this report, we only dwelt upon a few of these t-SNE map
features, while the dataset remains as a resource for additional analysis for the community.

A time-dependent variation in the abundance of muscle mononuclear cells was observed in wt
mice, starting at day 1, indicating that the system sensed the damage and promptly responded to
restore muscle tissue homeostasis. Inflammatory cells were the predominant population 3 days after
the injury, accounting for over 40% of the total mononuclear cells. The activation of the inflammatory
compartment was limited to the first few days after the injury as macrophages returned to baseline
levels after 10 days.

Fibro/adipogenic progenitors (FAPs), here identified as SCA1+, CD34+, CD140α+, CD90.2+,
and vimentin+ [66], stimulate satellite cell activation and differentiation, thus playing a positive role
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in muscle regeneration [8]. FAPs are quiescent in intact muscles, while they proliferate in response
to injury [8,67,68]. Consistently, we observed that FAPs, after CTX injection, rapidly expanded,
in wt muscles, reaching a peak between days 5 and 10, to return eventually to baseline level, having
accomplished their function of providing a transient production of pro-differentiation signals and of
depositing extracellular matrix for muscle remodeling.

In response to the secreted inflammatory and fibro/adipogenic stimulating signals, the myogenic
compartment also promptly activated at day 3, as confirmed by vimentin expression, which marked
activated MPs or myoblasts [69]. After an initial drop in concentration, α7-integrin+ MPs, including
satellite cells and myoblasts, expanded on day 3, still remaining high on day 10, when they started
to decrease.

Different kinetics was observed for endothelial progenitor cells, here, characterized as CD31,
SCA1, CD34, and CD146 expressing cells, and for pericyte-like cells, mainly identified as CD146 and
CD140β-positive cells. The endothelial and pericyte-like cell contribution to skeletal muscle recovery
only took place at the end of the regeneration process; once the inflammatory cells were removed,
FAPs decreased in number, and MPs differentiated.

Due to the incomplete nature of our panel, some cell clusters in our t-SNE maps remained
loosely defined. One cluster included cells with an antigen repertoire reminiscent of mesenchymal
cells, as they were positive for the mesenchymal markers CD90.2 and CD140β [70]. This population
had a clear kinetic, suggesting a late intervention of the mesenchymal population in the muscle
regeneration process.

We also investigated the response to acute injury of a muscle environment that was already
chronically perturbed as in the mdx mice. Mononuclear cells extracted from the muscle of mdx
mice did not experience any significant increase in number following cardiotoxin injury. However,
by looking into the details of the population profiles at each time point, we observed a significant
modulation of the population distributions as the increase in the number of the cells in one population
was counterbalanced by the decrease in another one. For instance, while we observed that the cells in
the inflammatory compartment, essentially macrophages, expanded early after damage, the endothelial
and pericyte-like clusters dropped in numerosity to recover the initial values only late in the process.
On the other hand, differently from wt, the myogenic and fibro/adipogenic compartments, the two
main players in muscle regeneration, showed little variation during the regeneration process, probably
because they were already chronically activated.

Overall, our multiparametric analysis offered a comprehensive description of both muscle
tissue homeostasis and the rearrangements induced in the mononuclear cell population profile by a
perturbation of the muscle system, be it a chronic condition, as in the case of mdx mice, or acute stress,
as that triggered by cardiotoxin injection.
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Abstract: Mitochondrial dysfunction and systemic inflammation are major factors in the development
of sarcopenia, but the molecular determinants linking the two mechanisms are only partially
understood. The study of extracellular vesicle (EV) trafficking may provide insights into this
relationship. Circulating small EVs (sEVs) from serum of 11 older adults with physical frailty
and sarcopenia (PF&S) and 10 controls were purified and characterized. Protein levels of three
tetraspanins (CD9, CD63, and CD81) and selected mitochondrial markers, including adenosine
triphosphate 5A (ATP5A), mitochondrial cytochrome C oxidase subunit I (MTCOI), nicotinamide
adenine dinucleotide reduced form (NADH):ubiquinone oxidoreductase subunit B8 (NDUFB8),
NADH:ubiquinone oxidoreductase subunit S3 (NDUFS3), succinate dehydrogenase complex iron
sulfur subunit B (SDHB), and ubiquinol-cytochrome C reductase core protein 2 (UQCRC2) were
quantified by Western immunoblotting. Participants with PF&S showed higher levels of circulating
sEVs relative to controls. Protein levels of CD9 and CD63 were lower in the sEV fraction of PF&S
older adults, while CD81 was unvaried between groups. In addition, circulating sEVs from PF&S
participants had lower amounts of ATP5A, NDUFS3, and SDHB. No signal was detected for MTCOI,
NDUFB8, or UQCRC2 in either participant group. Our findings indicate that, in spite of increased
sEV secretion, lower amounts of mitochondrial components are discarded through EV in older adults
with PF&S. In-depth analysis of EV trafficking might open new venues for biomarker discovery and
treatment development for PF&S.

Keywords: aging; biomarkers; mitophagy; mitochondrial dynamics; mitochondrial quality control;
mitochondrial-derived vesicles (MDVs); exosomes; mitochondrial-lysosomal axis

1. Introduction

Advancing age is associated with declining muscle mass, function, and strength, a condition
referred to as sarcopenia which increases the risk of incurring negative health-related outcomes
(e.g., disability, loss of independence, institutionalization, death) [1]. Hence, sarcopenia and its
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clinical correlates are major public health priorities. Physical activity, nutritional interventions, and
multi-component programs have proven to be valuable strategies for managing sarcopenia [2–4]. Yet, no
effective pharmacological treatments are currently available to prevent, delay, or treat sarcopenia, which
is mostly due to the incomplete knowledge of the underlying pathophysiology [2]. To further complicate
the matter, at the clinical level, sarcopenia shows remarkable overlap with frailty, a “multidimensional
syndrome characterized by a decrease in physiological reserve and reduced resistance to stressors”,
often envisioned as a pre-disability condition [5]. Hence, the two conditions have been merged into a
new entity, referred to as physical frailty and sarcopenia (PF&S) [6].

Mitochondrial dysfunction and sterile inflammation are invoked among the pathogenic factors of
PF&S [7,8]. Derangements at different levels of the mitochondrial quality control (MQC) machinery
have been reported in older adults with PF&S [7]. However, whether and how cell-based alterations
may spread at the systemic level and impact muscle homeostasis is presently unknown.

One of the mechanisms by which cells communicate with each other involves a conserved delivery
system based on the generation and release of extracellular vesicles (EVs) [9]. These vesicles transfer
information between cells through several categories of cargo-enriched biomolecules (i.e., proteins,
lipids, nucleic acids, and sugars), each of them selectively influencing different cellular domains [10].
This shuttle system also contributes to degradative pathways responsible for eliminating oxidized cell
components, including mitochondria, by establishing inter-organelle contact sites [11]. In particular, in
the setting of incomplete mitochondrial depolarization, cells may either delay autophagy to remove
mildly damaged organelles or shift from mitophagy to the extrusion of mitochondrial components
within EVs [12,13]. As such, the generation and release of mitochondrial-derived vesicles (MDVs) may
represent a complement to MQC systems before whole-sale organelle is triggered [13,14].

Cell-free mitochondrial DNA (mtDNA) has been identified among the molecules released
within exosomes that may act as damage-associated molecular patterns (DAMPs) [15]. One of the
biological roles for these molecules is the activation of innate immunity through binding of their
hypomethylated CpG motifs, resembling those of bacterial DNA, to membrane- or cytoplasmic-pattern
recognition receptors (PRRs), including Toll-like receptor (TLR), nucleotide-binding oligomerization
domain (NOD)-like receptor (NLR) [16], and cytosolic cyclic GMP-AMP synthase (cGAS)-stimulator of
interferon genes (STING) DNA sensing system-mediated pathways [17]. However, mtDNA is not the
only mitochondrial constituent that may be displaced via MDVs and trigger these responses. Recently,
the extrusion of mitochondrial components other than mtDNA has been reported within small EVs
(sEVs) purified from the serum of older adults with Parkinson’s disease (PD) [14]. However, whether
and how this mechanism is in place in the setting of PF&S is unexplored.

In the present study, we purified sEVs from older adults with and without PF&S, quantified
their amount, and characterized their content for the presence of mitochondrial components. The
identification of specific derangements in sEVs in PF&S may shed light on its pathophysiology as well
as suggest new biomarkers and possible biological targets for drug development.

2. Materials and Methods

2.1. Participants

Older adults aged 70+ with and without PF&S were recruited among the participants of the
“BIOmarkers associated with Sarcopenia and Physical frailty in EldeRly pErsons” (BIOSPHERE)
study [18]. BIOSPHERE was designed to determine and validate a panel of PF&S biomarkers through
multivariate statistical modeling of biomolecules pertaining to inflammation, redox homeostasis, amino
acid metabolism, neuromuscular junction dysfunction, and muscle remodeling pathways [18–20].

The operational definition used in the “Sarcopenia and Physical fRailty IN older people:
multi-componenT Treatment strategies” (SPRINTT) project [21,22] was applied to diagnose PF&S: (a)
physical frailty, based on a summary score on the Short Physical Performance Battery (SPPB) [23]
between 3 and 9, (b) low appendicular muscle mass (aLM), according to the cut-points proposed by
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the Foundation for the National Institutes of Health (FNIH) sarcopenia project [24], and (c) absence
of mobility disability (i.e., inability to complete the 400-m walk test) [25]. The present investigation
involved a convenience sample of 21 participants, 11 older adults with PF&S and 10 non-sarcopenic
non-frail (non-PF&S) controls. Participants were randomly chosen from the cohort of the BIOSPHERE
study [18], among those from whom serum was available for vesicle purification.

The study was approved by the Ethics Committee of the Università Cattolica del Sacro Cuore
(Rome, Italy; protocol number BIOSPHERE: 8498/15) and all participants signed an informed consent
prior to inclusion. Study procedures and criteria for participant selection were described thoroughly
elsewhere [18].

2.2. Measurement of Appendicular Lean Mass by Dual X-Ray Absorptiometry

Appendicular lean mass was quantified through whole-body Dual X-Ray Absorptiometry (DXA)
scans on a Hologic Discovery A densitometer (Hologic, Inc., Bedford, MA, USA) according to the
manufacturer’s procedures. Criteria for low aLM were as follows: (a) aLM to body mass index (BMI)
ratio (aLMBMI) < 0.789 in men and <0.512 in women, or (b) crude aLM < 19.75 kg in men and <15.02 kg
in women [24].

2.3. Blood Sampling

Blood samples were collected in the morning by venipuncture of the median cubital vein after
overnight fasting, using commercial collection tubes (BD Vacutainer®; Becton, Dickinson and Co.,
Franklin Lakes, NJ, USA). One blood tube was delivered to the centralized diagnostic laboratory of
the Fondazione Policlinico Universitario “Agostino Gemelli” IRCCS (Rome, Italy) for standard blood
biochemistry. The remaining tubes were processed for serum collection in the Biogerontology lab of
the Università Cattolica del Sacro Cuore (Rome, Italy). Serum separation was obtained after 30 min of
clotting at room temperature and subsequent centrifugation at 1000× g for 15 min at 4 ◦C. The upper
clear fraction (serum) was collected in 0.5-mL aliquots and stored at −80 ◦C until analysis.

2.4. Small Extracellular Vesicles Isolation and Characterization

2.4.1. Purification of Small Extracellular Vesicles by Differential Ultracentrifugation

Small EVs/exosomes were purified through differential centrifugation as previously described [14,26].
Briefly, serum samples were diluted with equal volumes of phosphate-buffered saline (PBS) to reduce
fluid viscosity. Diluted samples were centrifuged at 2000× g at 4 ◦C for 30 min and pellets were discarded
to remove cell contaminants. Subsequently, supernatants were centrifuged at 12,000× g at 4 ◦C for 45 min
to remove apoptotic bodies, mitochondrial fragments, cell debris, and large vesicles (mean size > 200 nm).
Supernatants were collected and ultracentrifuged at 110,000× g at 4 ◦C for 2 h. Pellets were recovered
and resuspended in PBS, filtered through a 0.22-μm filter, and ultracentrifuged at 110,000× g at 4 ◦C for
70 min to eliminate contaminant proteins. Pellets enriched in purified sEVs were finally resuspended in
100 μL of PBS. To quantify sEVs, total protein concentration was measured using the Bradford assay [27].

2.4.2. Western Immunoblot Analysis of Small Extracellular Vesicles

Western immunoblot analysis was performed to assess the purity of sEV isolation, to determine
the type of sEVs on the basis of the expressed tetraspanins, and to characterize their protein cargo as
previously described [14,28]. Briefly, equal amounts (1.25 μg) of sEV proteins were separated by sodium
dodecyl sulphate polyacrylamide gel electrophoresis (SDS-PAGE) and subsequently electroblotted
onto polyvinylidenefluoride (PVDF) Immobilon-P (Millipore, Burlington, MA, USA). Membranes
were probed with primary antibodies against tetraspanins CD63 (1:200), CD9 (1:200), CD81 (1:200), a
specific cocktail of antibodies (1:250) targeting mitochondrial markers (Table 1), flotilin (1:200), and
heterogeneous nuclear ribonucleoprotein A1 (HNRNPA1; 1:1000). Technical specifications of primary
antibodies used for Western immunoblotting are detailed in Supplementary Table S1.
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Table 1. Mitochondrial components and related electron transport chain complexes assayed in purified
small extracellular vesicles by Western immunoblotting.

Mitochondrial
Marker

ETC Complex

ATP5A V
MTCOI IV
NDUFB8 I
NDUFS3 I
SDHB II
UQCRC2 III

Abbreviations: ATP5A, adenosine triphosphate 5A; ETC, electron transport chain; MTCOI, mitochondrial cytochrome
C oxidase subunit I; NDUFB8, nicotinamide adenine dinucleotide reduced form (NADH):ubiquinone oxidoreductase
subunit B8; NDUFS3, NADH:ubiquinone oxidoreductase subunit S3; SDHB, succinate dehydrogenase complex iron
sulfur subunit B; UQCRC2, ubiquinol-cytochrome C reductase core protein 2.

The following day, membranes were incubated for 1 h at room temperature with anti-mouse
peroxidase-conjugated secondary antibodies (1:2000) (Bio-Rad Laboratories, Inc., Hercules, CA, USA).
Blots were visualized using the Clarity Max ECL Western Blotting Substrate (Bio-Rad Laboratories)
and images were acquired by the ChemiDoc MP Imaging System and analyzed by Image Lab TM

software version 6.0.1 (Bio-Rad Laboratories). Values of optical density (OD) units of each protein
band immunodetected were normalized for the amount of sEV total proteins, as determined by the
Bradford assay, and related to the control group, whose OD was set at 100%.

2.4.3. Analysis of Small Extracellular Vesicles by Scanning Electron Microscopy Imaging

Small EVs were fixed in a solution of 3.7% glutaraldehyde (Sigma–Aldrich, St. Luis, MO, USA)
in PBS for 15 min, washed twice with PBS, and dehydrated through a series of ascending grades of
ethanol (i.e., 40%, 60%, 80%, 96%–98%). Subsequently, samples were mounted on carbon adhesive
stubs (Agar Scientifics, Stansted, UK) and left at room temperature for 24 h to obtain complete ethanol
evaporation. Samples were gold-coated with a Balzers SCD 040 sputter coater (BAL–TEC AG, Balzers,
Lichtenstein, Germany; thickness of gold layer: 40 nm) and analyzed at 132.21 K× magnification
by a ZEISS EVO HD 15 Scanning Electron Microscope (Carl Zeiss Microscopy GmbH, Oberkochen,
Germany) operating under high-vacuum at an accelerating voltage of 5 kV.

2.5. Statistical Analysis

Descriptive statistics were run on all data. Differences in demographic, anthropometric, and
clinical parameters between PF&S and control participants were assessed via t-test statistics and χ−2 or
Fisher exact tests, for continuous and categorical variables, respectively. All tests were two-sided, with
statistical significance set at p < 0.05. Analyses were performed using the GraphPrism 5.03 software
(GraphPad Software, Inc., San Diego, CA, USA).

3. Results

3.1. Characteristics of the Study Participants

The subset of participants included in the present study was representative of the whole
BIOSPHERE cohort in terms of age, sex distribution, clinical characteristics, and body composition and
functional parameters [8]. The main characteristics of study participants are presented in Table 2. Sex
distribution, BMI, number of comorbid conditions and medications, total serum protein concentrations,
and albumin levels did not differ between older adults with and without PF&S. PF&S participants
tended to be older than controls, but the difference did not reach statistical significance. As per the
selection criteria, SPPB scores and aLM either crude or adjusted by BMI were lower in older adults
with PF&S relative to non-PF&S participants.
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Table 2. Participant characteristics according to the presence of physical frailty and sarcopenia.

Characteristic Non-PF&S (n = 10) PF&S (n = 11) p-Value

Age (years), mean ± SD 73.9 ± 2.7 77.7 ± 5.4 0.0557
Gender (female), n (%) 5 (50) 8 (73) 0.5344
BMI (kg/m2), mean ± SD 28.1 ± 2.8 30.3 ± 4.3 0.1891
SPPB summary score, mean ± SD 12.0 ± 1.0 7.0 ± 0.3 <0.0001
aLM (kg), mean ± SD 20.21 ± 4.10 15.84 ± 3.63 0.0390
aLMBMI, mean ± SD 0.81 ± 0.32 0.51 ± 0.11 0.0118
Albumin (g/L), mean ± SD 45.4 ± 12.7 39.8 ± 1.2 0.1536
Total serum protein concentration (g/L), mean ± SD 71.8 ± 4.6 75.5 ± 3.1 0.0914
Number of diseases ¥, mean 3.2 ± 1.6 3.1 ± 1.2 0.8647
Number of medications #, mean ± SD 2.9 ± 1.6 3.2 ± 1.8 0.7061

Abbreviations: aLM, appendicular lean mass; aLMBMI, aLM adjusted by body mass index (BMI); non-PF&S,
non-physically frail non-sarcopenic; PF&S: physical frailty & sarcopenia; SD: standard deviation; SPPB: short
physical performance battery. ¥ includes hypertension, coronary artery disease, prior stroke, peripheral vascular
disease, diabetes, chronic obstructive pulmonary disease, and osteoarthritis. # includes prescription and
over-the-counter drugs

3.2. Characterization of Small Extracellular Vesicles from the Serum of Participants with and without Physical
Frailty and Sarcopenia

3.2.1. Verification of the Purity of Serum Small Extracellular Vesicles

The purity of sEVs obtained by serum ultracentrifugation was ascertained according to the
guidelines of the International Society of Extracellular Vesicles [29]. In particular, the presence of the
cytosolic protein flotilin (positive control) and the absence of the non-sEV component HNRNPA1
(negative control) were verified (Figure 1A). The purified biospecimen was also analyzed by scanning
electron microscopy (SEM) to confirm enrichment in sEVs. Small EVs appear in the scanning electron
micrographs as objects of spherical shape and less than 100 nm in size (Figure 1B).

Figure 1. (A) Blots of the cytosolic protein flotilin and heterogeneous nuclear ribonucleoprotein A1
(HNRNPA1) as positive and negative markers respectively, in purified small extracellular vesicles (sEVs)
obtained by serum ultracentrifugation from participants with physical frailty and sarcopenia (PF&S)
and non-physically frail non-sarcopenic (non-PF&S) controls. The Michigan Cancer Foundation-7
(MCF-7) cell extract was used as the positive control for the anti-HNRNPA1 antibody. (B) Scanning
electron micrographs of purified sEVs. The white-dashed box delimitates the area zoomed on the right.
White arrows indicate some of the sEVs found in the observation field. Scale bar: 100 nm.
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3.2.2. Quantification of the Amount of Circulating Small Extracellular Vesicles

The total amount of sEVs purified from the serum of PF&S participants was significantly greater
than in non-PF&S controls (p < 0.0001, Figure 2).

Figure 2. Serum levels of small extracellular vesicles (sEVs) in non-physically frail non-sarcopenic
(non-PF&S) controls (n = 10) and participants with physical frailty and sarcopenia (PF&S; n = 11).
Data were normalized for the amount of total serum proteins and are shown as percentage of the
control group set at 100%. Bars represent mean values (±standard error of the mean). * p < 0.05 versus
non-PF&S.

3.2.3. Characterization of the Origin and Cargo of Small Extracellular Vesicles

Protein levels of the two tetraspanins, CD9 and CD63, were lower in participants with PF&S than
in non-PF&S controls (Figure 3A,B), while CD81 content was unvaried between groups (Figure 3C).

Figure 3. Protein expression of (A) CD9, (B) CD63, and (C) CD81 in purified small extracellular vesicles
(sEVs) from non-physically frail non-sarcopenic (non-PF&S) controls (n = 10) and participants with
physical frailty and sarcopenia (PF&S; n = 11). Data were normalized for the amount of sEV total
proteins and are shown as percentage of the control group set at 100%. Bars represent mean values
(±standard error of the mean). * p < 0.0001 versus non-PF&S.

As for sEV cargo characterization, protein levels of adenosine triphosphate 5A (ATP5A; complex
V), nicotinamide adenine dinucleotide reduced form (NADH):ubiquinone oxidoreductase subunit S3
(NDUFS3; complex I), and succinate dehydrogenase complex iron sulfur subunit B (SDHB; complex
II) were lower in participants with PF&S than in non-PF&S controls (Figure 4A–C). No signal was
detected for mitochondrial cytochrome C oxidase subunit I (MTCOI, complex IV), NADH:ubiquinone
oxidoreductase subunit B8 (NDUFB8; complex I), or ubiquinol-cytochrome C reductase core protein 2
(UQCRC2; complex III) in either participant group.
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Figure 4. Protein expression of (A) adenosine triphosphate 5A (ATP5A), (B) nicotinamide adenine
dinucleotide reduced form (NADH):ubiquinone oxidoreductase subunit S3 (NDUFS3), and (C) succinate
dehydrogenase complex iron sulfur subunit (SDHB) in purified small extracellular vesicles (sEVs) from
non-physically frail non-sarcopenic (non-PF&S) controls (n = 10) and participants with physical frailty
and sarcopenia (PF&S; n = 11). Data were normalized for the amount of sEV total proteins and are
shown as percentage of the control group set at 100%. Bars represent mean values (±standard error of
the mean). * p < 0.0001 versus non-PF&S.

4. Discussion

Among the factors involved in muscle degeneration associated with PF&S, mitochondrial
dysfunction and the accrual of abnormal organelles have been indicated as relevant players [30].
However, the exact mechanisms underlying mitochondrial decay are not completely deciphered.

Derangements in MQC processes have been reported in older adults with PF&S [7,31,32].
Nevertheless, alterations in sEV trafficking, which might contribute to MQC dyshomeostasis in
muscle [33], have remained largely unexplored. To start filling this gap in knowledge, we purified sEVs
from the serum of older adults with and without PF&S and, after ascertaining purity of the preparation,
we determined the overall quantity of the mixed sEV population. Our results show a greater amount
of sEVs in serum of PF&S participants compared with non-PF&S controls (Figure 2). The verification of
the three tetraspanins, CD9, CD63, and CD81, in purified sEVs allowed these vesicles to be identified
as a fraction of endosome-derived vesicles, referred to as exosomes, originating from the fusion of
multivesicular bodies with the plasma membrane [28]. A lower protein expression of CD9 and CD63
was found in the exosome fraction purified from participants with PF&S (Figure 3), while levels of
CD81 were comparable between groups. These observations are in keeping with the heterogenous
composition of exosomes themselves, likely reflecting a different vesicle trafficking regulation [34].
Indeed, RAB27A, a guanosine triphosphatase (GTPase) that modulates exosome secretion, has been
shown to regulate the secretion of CD63-positive exosomes, but not of those positive for CD9 [35].
Notably, exosomes derived by B-cells are characterized by the tetraspanin markers CD9 and CD81,
while CD63 is absent [36]. A previous report by our group showed that RAB7A, a small GTPase
and a master regulator of the late endocytic pathway, was able to modulate secretion of CD9- and
CD81-positive exosomes [37]. The decreased expression of tetraspanin CD63 found in the present
study may therefore be indicative of an altered late endocytic pathway [38], possibly suggesting
disarrangements in late endocytic trafficking in PF&S.

The identification of mitochondrial components within the purified material allowed for
classification of MDVs among sEVs. In particular, lower levels of the mitochondrial components
ATP5A (complex V), NDUFS3 (complex I), and SDHB (complex II) were found in participants
with PF&S (Figure 4). With the intent of preserving mitochondrial homeostasis, mitochondrial
hyper-fission segregates severely damaged or unnecessary organelles [39,40] that are subsequently
disposed via mitophagy [41]. However, mitochondrial-lysosomal crosstalk may dispose mildly
oxidized mitochondria via MDV release [42]. Such a mechanism may therefore restore mitochondrial
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homeostasis before whole-sale organelle degradation is triggered [42]. Though, in the case of defective
mitophagy or disruption of the mitochondrial-lysosomal axis, accrual of damaged mitochondria,
misfolded proteins, and lipofuscin may occur as a result of inefficient cellular quality control [43].
Therefore, the increased sEV secretion in participants with PF&S (Figure 2) might reflect the cell’s
attempt to extrude dysfunctional mitochondria. However, the reduced secretion of MDVs in the
same participant group (Figure 4) may indicate that the MQC flux is impaired or that the damage to
mitochondria is too severe to be disposed via MDVs. This idea is in keeping with previous reports
by our group showing derangements in the expression of key proteins of the MQC machinery in old
hip-fractured patients with sarcopenia [7,31].

The retrieval of mitochondrial components within sEVs is particularly relevant as it provides
novel insights into the mechanisms of sterile inflammation, an age-associated inflammatory response
mounted in the absence of infections [44]. This process is framed within the innate immune response
and has been included as part of the “danger theory” of inflammation [45]. According to this view,
misplaced noxious material from injured cells (i.e., damage-associated molecular patterns (DAMPs))
triggers caspase-1 activation and the secretion of pro-inflammatory cytokines [46]. The release of MDV
content (e.g., mitochondrial proteins, mtDNA) can activate inflammatory pathways by interacting with
several receptors/systems including TLRs, family pyrin domain-containing 3 (NLRP3) inflammasome,
and cGAS-STING DNA sensing system [47].

Recently, we described the existence of a frailty “cytokinome” in older adults with PF&S defined
by higher levels of P-selectin, C-reactive protein, and interferon-γ-induced protein 10, and lower levels
of myeloperoxidase, interleukin 8, monocyte chemoattractant protein-1, macrophage inflammatory
protein 1-α, and platelet-derived growth factor BB [8]. Pro-sarcopenic/pro-disability effects have
traditionally been attributed to inflammation [48,49] as much as to dysfunction of anti-inflammatory
pathways [49,50]. Furthermore, circulating MDVs have been identified in serum of older adults with
PD and associated with a specific inflammatory profile [14]. However, the liaison among failing
mitochondrial fidelity pathways, MDV secretion, and systemic inflammation may not be exclusive
of neurodegeneration. Indeed, other conditions, such as HIV infection, a model of accelerated and
accentuated aging [51], are characterized by pyroptotic bystander cell death and release of DAMPs that
may trigger the same pathways as those identified in PD and inflamm-aging [52]. In addition, a massive
release of DAMPs is acknowledged as a factor in the development of multiorgan failure in patients
with severe injuries or during hemorrhagic shock [53]. Although the pathophysiology of multiple
organ failure syndrome, neurodegeneration, and PF&S is heterogeneous, the release of mitochondrial
DAMPs might be a converging mechanism shared by all of them. Should this assumption hold true,
the scavenging of circulating mitochondrial DAMPs might represent a yet unexplored therapeutic
option for the management of age-associated disarrangements, including PF&S. From this perspective,
our findings are in line with the geroscience hypothesis, according to which the roots of most chronic
diseases may reside in perturbations of a set of basic mechanisms (i.e., hallmarks of aging), including
mitochondrial dysfunction [54].

Albeit presenting novel and promising findings, our work has limitations that need to be discussed.
First of all, the cross-sectional design of the study precludes establishing cause–effect or temporal
relationships between the analyzed pathways and PF&S pathophysiology. Also, although participants
were carefully selected and thoroughly characterized, we cannot rule out the possibility that unknown
comorbidities may have affected our results. In addition, our study provides an initial characterization
of the heterogeneous population of circulating sEVs. Indeed, the analysis of the MDV cargo was limited
to selected components/subunits of the mitochondrial electron transport chain. Hence, we cannot
exclude that the analysis of other biomolecules, including mtDNA, that may be transported along the
same road could provide additional insights into the relationship between sEV trafficking and PF&S.
Finally, a deeper characterization of sEVs for their structure and content by means of transmission
electron microscopy analysis is needed to confirm and expand our findings as well as to gain further
information into the dynamic regulation of vesicle trafficking in PF&S.
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Abstract: Transforming Growth Factor β (TGF-β) is involved in fibrosis as well as the regulation of
muscle mass, and contributes to the progressive pathology of muscle wasting disorders. However,
little is known regarding the time-dependent signalling of TGF-β in myoblasts and myotubes, as well
as how TGF-β affects collagen type I expression and the phenotypes of these cells. Here, we assessed
effects of TGF-β on gene expression in C2C12 myoblasts and myotubes after 1, 3, 9, 24 and 48 h
treatment. In myoblasts, various myogenic genes were repressed after 9, 24 and 48 h, while in
myotubes only a reduction in Myh3 expression was observed. In both myoblasts and myotubes,
TGF-β acutely induced the expression of a subset of genes involved in fibrosis, such as Ctgf and
Fgf-2, which was subsequently followed by increased expression of Col1a1. Knockdown of Ctgf and
Fgf-2 resulted in a lower Col1a1 expression level. Furthermore, the effects of TGF-β on myogenic
and fibrotic gene expression were more pronounced than those of myostatin, and knockdown of
TGF-β type I receptor Tgfbr1, but not receptor Acvr1b, resulted in a reduction in Ctgf and Col1a1
expression. These results indicate that, during muscle regeneration, TGF-β induces fibrosis via Tgfbr1
by stimulating the autocrine signalling of Ctgf and Fgf-2.

Keywords: Acvr1b; Tgfbr1; myostatin; Col1a1; skeletal muscle; fibrosis; myogenesis; atrophy

1. Introduction

Muscle wasting disorders, such as sarcopenia, cachexia and muscle dystrophies, are characterised
by muscle fibre injury or atrophy, which results in the gradual replacement of muscle fibres by adipose
and fibrotic tissue [1,2]. This leads to progressive muscle weakness and loss of contractile function.
Transforming Growth Factor β (TGF-β) is known for its role in the regulation of skeletal muscle size
as well as fibrosis and contributes to the progressive pathology of muscle wasting disorders such as
Duchenne Muscular Dystrophy (DMD) [3,4].

TGF-β functions by regulating expression of target genes via specific binding of type II and type I
receptor kinases and subsequent activation of intracellular receptor-regulated SMAD2 and SMAD3
proteins (R-SMADS) [5]. TGF-β is expressed by multiple cell types, such as macrophages, monocytes,
neutrophils, fibroblasts and bone cells [6–9]. While TGF-β is transiently expressed during skeletal
muscle regeneration following injury [10], prolonged elevated TGF-β protein levels are associated with
pathologies such as DMD [3], limb girdle muscular dystrophy and amyotrophic lateral sclerosis (ALS),
as well as sarcopenia [11–13]. TGF-β may affect skeletal muscle size by the inhibition of muscle stem cell
(MuSC) differentiation and the induction of the atrophy of muscle fibres. In vitro studies have shown
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that TGF-β inhibits myoblast differentiation through the repression of myogenic gene expression,
whereas differentiated myotubes seem to be insensitive to TGF-β-induced myogenic inhibition [14–16].
Muscle-specific overexpression of TGF-β in mice stimulates the expression of E3 ligase (i.e., atrogin-1)
and concomitant muscle atrophy [17,18]. However, whether the induction of atrogin-1 and muscle
atrophy is a direct effect of TGF-β expression or an indirect effect via the stimulation of other paracrine
factors remains to be assessed.

TGF-β is also known to be involved in fibrosis. Overexpression of TGF-β in mouse skeletal muscle
results in excessive collagen deposition [17]. In addition, antibody treatment to neutralise TGF-β in
murine X-linked muscular dystrophy (mdx) mice reduces connective tissue deposition compared to
that of untreated mdx mice [19]. Moreover, C2C12 myoblasts overexpressing TGF-β transdifferentiate
into fibrotic cells after transplantation into skeletal muscle, which indicates that muscle cells may
contribute to fibrosis [20].

Another TGF-β family member, muscle specific cytokine myostatin, has been shown to inhibit
myoblast differentiation via a similar mechanism as via TGF-β [21]. Furthermore, myostatin is a
well-known regulator of muscle mass and has been suggested to be involved in muscle fibrosis [22].
Myostatin signals via distinct type II and type I receptors than TGF-β does, but also through
phosphorylation of SMAD2/3 [23,24]. TGF-β signals mainly via the type I receptor TGF-β receptor
type-I (TGFR-1) [24]. While in muscle cells myostatin signals mainly via type I receptor Activin receptor
type-1B (ACTR-1B), in fibroblasts myostatin signals mainly via TGFR-1 [23,25]. Both proteins have
been indicated as possible therapeutic targets for muscle wasting disorders.

While transient TGF-β expression may contribute to muscle regeneration after injury, the chronic
elevated expression of TGF-β in skeletal muscle may be detrimental [cf.10]. Although the role of
TGF-β in muscle mass regulation and skeletal muscle fibrosis has been studied extensively, the effects
on myoblasts and differentiated muscle cells and underlying mechanisms are not well understood.
The aim of this study was to assess the time-dependent effects of TGF-β signalling and downstream
signalling on the expression of myogenic, atrophic and fibrotic genes in both myoblasts and myotubes.
Furthermore, taking into account the functional and mechanistic similarities between TGF-β and
myostatin, as well as the fact that both ligands have been implied as possible therapeutic targets for
muscle wasting disorders, the effects of TGF-β and myostatin signalling in myoblasts were compared.
Our data indicate that TGF-β inhibits myogenic gene expression in both myoblasts and myotubes but
does not affect myotube size. Most importantly, our results show that TGF-β stimulates collagen type
I, alpha 1 (Col1a1) mRNA expression in both myoblasts and myotubes, which is largely induced via
autocrine expression of connective tissue growth factor (Ctgf ) and fibroblast growth factor-2 (Fgf-2).
Lastly, the effects of TGF-β on myogenic and fibrotic signalling are more pronounced than those of
myostatin, and only TGF-β receptor type-I (Tgfbr1) mRNA knockdown, but not Activin receptor
type-1B (Acvr1b) mRNA knockdown, decreased Ctgf and Col1a1 expression levels, suggesting that
myoblasts are more sensitive to TGF-β than to myostatin.

2. Materials and Methods

2.1. C2C12 Cell Culture

The C2C12 mouse muscle myoblast cell line (ATCC CRL-1772) was obtained from ATCC (Wesel,
Germany). Cells were cultured in growth medium (DMEM, 4.5% glucose (Gibco, 11995, Waltham, MA,
USA), containing 10% fetal bovine serum (Biowest, S181B, Nuaillé, France), 1% penicillin/streptomycin
(Gibco, 15140, Waltham, MA, USA), and 0.5% amphotericin B (Gibco, 15290-026, Waltham, MA, USA))
at 37 ◦C, 5% CO2. The cells were used for experiments between passage 4–14. All experiments with
C2C12 cells were performed on collagen-coated plates (collagen I rat protein, tail (Gibco, A10483-01,
Waltham, MA, USA) diluted in 0.02N acetic acid). C2C12 myoblasts were cultured in differentiation
medium (DMEM, 4.5% glucose, 2% horse serum (HyClone, 10407223, Marlborough, MA, USA),
1% penicillin/streptomycin, 0.5% Amphotericin B) for 16 h or allowed to differentiate for 3 days before
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treatment. Cells were treated with 10 ng/mL TGF-β1 (Peprotech, 100-21C, London, UK) or 300 ng/mL
myostatin (Peprotech, 120-00, London, UK) for 0, 1, 3, 9, 24 or 48 h, unless indicated differently.
The cells were treated with 10μM Ly364947 (dissolved in dimethyl sulfoxide (DMSO), 1mM). As a
control, cells were treated with 0.1% DMSO.

2.2. Isolation of the Extensor Digitorum Longus (EDL) Muscle and Primary Myoblast Culture

EDL muscles were obtained from 6-week to 4-month old mice of a C57BL/6 background.
The muscles were incubated in collagenase type I (Sigma-Aldrich, C0130, Saint Louis, MO, USA) at 37 ◦C,
5% CO2 for 2 h. The muscles were washed in DMEM, 4.5% glucose (Gibco, 11995, Waltham, MA, USA),
containing 1% penicillin/streptomycin (Gibco, 15140, Waltham, MA, USA) and incubated in 5% Bovine
serum albumin (BSA)-coated dishes containing DMEM (4.5% glucose, 1% penicillin/streptomycin)
for 30 min at 37 ◦C, 5% CO2 to inactivate collagenase. Single muscle fibres were separated by gently
blowing with a blunt ended sterilized Pasteur pipette. Subsequently, muscle fibres were seeded in a
thin layer matrigel (VWR, 734-0269, Radnor, PA, USA)-coated 6-well plate containing growth medium
(DMEM, 4.5% glucose (Gibco, 11995, Waltham, MA, USA), 1% penicillin/streptomycin (Gibco, 15140,
Waltham, MA, USA), 10% horse serum (HyClone, 10407223, Marlborough, MA, USA), 30% fetal bovine
serum (Biowest, S181B, Nuaillé, France), 2.5ng/mL recombinant human fibroblast growth factor (rhFGF)
(Promega, G5071, Madison, WI, USA), and 1% chicken embryonic extract (Seralab, CE-650-J, Huissen,
The Netherlands)). Primary myoblasts were allowed to proliferate and migrate off the muscle fibres
for 3–4 days at 37 ◦C, 5% CO2. After gentle removal of the muscle fibres, myoblasts were cultured in
matrigel-coated flasks until passage 5. Cells were pre-plated in an uncoated flask for 15 min with each
passage to reduce the number of fibroblasts in culture. Cell population was 99% Pax7+. All experiments
with primary myoblasts were performed on matrigel-coated plates. Primary myoblasts were cultured
in differentiation medium for 6 h or allowed to differentiate for 2 days before treatment with 10 ng/mL
TGF-β1 (Peprotech, 100-21C, London, UK) or 300 ng/mL myostatin (Peprotech, 120-00, London, UK).

2.3. Tgfbr1 and Acvr1b siRNA Assay

C2C12 cells were seeded at a density of 7900 cells/cm2 in a 12-well plate (Greiner Bio-One, 665180,
Alphen aan den Rijn, The Netherlands) in antibiotic-free growth medium (DMEM, 1% glucose (Gibco,
31885, Waltham, MA, USA), 10% fetal bovine serum (Biowest, S181B, Nuaillé, France)) at 37 ◦C,
5% CO2 and allowed to adhere overnight. SiRNA with a final concentration of 25 nM was prepared
according to manufacturer’s protocol. Then, 50 nM siControl, 25 nM siAcvr1b + 25 nM siControl,
25 nM siTgfbr1 + 25 nM or 25 nM siAcvr1b + 25 nM siTgfbr1 was added to the medium of the cells.
We used 2 μL DharmaFECT1 per well. The cells were treated with siRNA for 24 h in antibiotic-free
growth medium. Subsequently, cells were treated with siRNA for 48 h in antibiotic-free differentiation
medium (DMEM, 1% glucose (Gibco, 31885, Waltham, MA, USA), 2% horse serum (HyClone, 10407223,
Marlborough, MA, USA)). The following reagents for transfection were obtained from Dharmacon
(Lafayette, Colorado): ON-TARGET plus Non-targeting Pool (D-001810-10), DharmaFECT1 (T-2001),
5X siRNA Buffer (B-002000-UB-100), mouse ON-TARGET plus Tgfbr1 siRNA (J-040617-05), and mouse
ON-TARGET plus Acvr1b siRNA(J-043507-08)

2.4. Ctgf and Fgf-2 siRNA Assay

C2C12 myoblast cells were seeded at a density of 4200 cells/cm2 and cultured in antibiotic-free
growth medium (DMEM, 4.5% glucose (Gibco, 11995, Waltham, MA, USA), 10% fetal bovine serum
(Biowest, S181B, Nuaillé, France)) at 37◦C, 5% CO2. The cells were transfected with siRNA targeting
Ctgf or Fgf-2 (Ambion® Silencer® Select Pre-Design siRNA, Ctgf siRNA ID: s66077, Fgf-2 siRNA ID:
s201344, Carlsbad, CA, USA) or a siRNA-negative control (Silencer® Select Negative Control #1 siRNA,
Invitrogen 4390843, Carlsbad, CA, USA). SiRNA was re-suspended to a final concentration of 10 μM
and lipofectamine transfection reagent (Lipofectamine® RNAiMAX Reagent, Invitrogen 13778100,
Carlsbad, CA, USA) was used to prepare the siRNA–lipid complex according to manufacturer’s
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protocol for a 24-well plate set-up. The cells were cultured for 24 h in antibiotic-free growth medium
and transfected with Ctgf or Fgf-2 siRNA–lipid complex for another 24 h. Cells were transfected a
second time in antibiotic-free differentiation medium (DMEM, 4.5% glucose, 2% horse serum (HyClone,
10407223, Marlborough, MA, USA). After 16 h, the cells were treated with TGF-β1 (10ng/mL) for 0 h,
3 h and 48 h.

2.5. RNA Isolation and Reverse Transcription

Cells were lysed in TRI reagent (Invitrogen, 11312940, Carlsbad, CA, USA). After this, 10%
bromochloropropane (Sigma-Aldrich, B9673, Saint Louis, MO, USA) was added. Lysates were inverted
and incubated at room temperature for 5 min and centrifuged (4 ◦C, 12,000 g, 10 min). The RNA
containing supernatant was transferred to a new centrifuge tube and washed with 100% ethanol
2:1. RNA was further isolated using the RiboPure RNA purification kit (Thermo Fisher Scientific,
AM1924, Waltham, MA, USA). Then, 500 ng RNA and 4 μL SuperScript VILO Mastermix (Invitrogen,
12023679, Carlsbad, CA, USA) were diluted to 20 μL in RNAse free water and reverse transcription was
performed in a 2720 thermal cycler (Applied Biosystems, Foster City, CA, USA), using the following
program: 10 min 25 ◦C, 60 min 42 ◦C, 5 min 85 ◦C. The cDNA was diluted 10x in RNAse free water.

2.6. Quantitative Real Time PCR

We added 7.5 μL Fast SYBR Green master mix (Fischer Scientific, 10556555, Pittsburgh, PA, USA),
2.5 μL primer mix and 5 μL cDNA in duplo in a 48-well plate. The program ran on the StepOne real
time PCR (Applied Biosystems, Foster City, CA, USA) was 20 s at 95 ◦C holding stage, 40 times 3 s
95 ◦C step 1 and 30 s 60 ◦C step 2 cycle stage, 15 s 95 ◦C, 1 min 60 ◦C and 15 s 95 ◦C. Gapdh was used as
a housekeeping gene to correct for cDNA input. The efficiency of all used primers (Table 1) was tested.

Table 1. Primers for qPCR.

Primer Sequence

mGapdh-forward TCCATGACAACTTTGGCATTG
mGapdh-reverse TCACGCCACAGCTTTCCA
Myod1-forward AGCACTACAGTGGCGACTCA
Myod1-reverse GCTCCACTATGCTGGACAGG
Myog-forward CCCAACCCAGGAGATCATTT
Myog-reverse GTCTGGGAAGGCAACAGACA
Myh3-forward CGCAGAATCGCAAGTCAATA
Myh3-reverse CAGGAGGTCTTGCTCACTCC
Ctgf-forward CCACCCGAGTTACCAATGAC
Ctgf-reverse GCTTGGCGATTTTAGGTGTC

Fgf-2-forward AAGCGGCTCTACTGCAAGAA
Fgf-2-reverse GTAACACACTTAGAAGCCAGCAG

Col1a1-forward ATGTTCAGCTTTGTGGACCT
Col1a1-reverse CAGCTGACTTCAGGGATGT

Id1-forward ACCCTGAACGGCGAGATCA
Id1-reverse TCGTCGGCTGGAACACAT

Nox4-forward CTTTTCATTGGGCGTCCTC
Nox4-reverse GGGTCCACAGCAGAAAACTC

2.7. Western Blotting

Cells were lysed in RIPA buffer (Sigma-Aldrich, R0278, Saint Louis, MO, USA) containing 1 tablet
of protease inhibitor (Sigma-Aldrich, 11836153001, Saint Louis, MO, USA) and 1 tablet of phosStop
(Sigma-Aldrich, 04906837001, Saint Louis, MO, USA) per 10 mL. The total protein concentration in the
lysates was determined using a Pierce BCA Protein Assay kit (Thermo Scientific, 23225, Waltham, MA,
USA). The absorbance was measured using a microplate spectrophotometer (Epoch Biotek, Winooski,
VT, USA) and the protein concentration was calculated using Gen5 software (BioTek, Winooski, VT,
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USA). An 8% polyacrylamide gel was made. Then, 15 μL sample mix, containing 9 μg total protein
and 5 μL sample buffer (5.7 mL water, 1.6 mL glycerol, 1.1 mL 10% SDS, 1.3 mL 0.5 M Tris (pH6.8),
25 mg dithiotreitol (DTT), 300 μL bromophenol blue) was heated to 90 ◦C for 5 min, cooled on ice
and loaded onto the gel. The gel was run in electrophoresis buffer (25 mM Tris base, 190 mM glycine,
0.1% SDS) at 70 V until the samples reached the separating gel and then run at 150 V until the samples
reached the bottom of the gel. Next, the proteins were transferred onto a polyvinylidene fluoride
(PVDF) membrane (GE Healthcare, 15269894, Chicago, IL, USA) for 1 h at 80V on ice in cold blot buffer
(25 mM Tris base, 190 mM glycine, 20% ethanol). The membrane was rinsed in water and washed
2x in Tris-buffered saline and Tween-20 (TBS-T) (20 mM Tris/HCl, 137 mM NaCl, 0.1% Tween-20).
The membrane was incubated for 1 h in 2% enhanced chemiluminescence (ECL) prime blocking
agent (GE Healthcare, RPN418, Chicago, IL, USA) in TBS-T at 4 ◦C while shaking. Subsequently,
the membrane was incubated overnight in 2% blocking agent in TBS-T with primary antibody (Table 2)
at 4 ◦C while shaking. The membrane was washed 3 × 5 min in TBS-T and incubated in 2% blocking
agent in TBS-T with secondary antibody (Table 2) for 1 h at room temperature. ECL solution A and B
(GE Healthcare, RPN2235, Chicago, IL, USA) were mixed 1:1 at room temperature and the membrane
was incubated for 5 min. Images were taken by the ImageQuant LAS500 (GE healthcare, life sciences,
Chicago, IL, USA) and relative intensity of protein bands was quantified using ImageJ [26]. Pan actin
was used as a loading control.

Table 2. Antibodies for Western Blotting and immunofluorescence.

AB Dilution Experiment Company

Phospho-SMAD2 (Ser465/467) Rabbit mAb 1:1000 WB cell signaling/3108, Leiden, The Netherlands
SMAD2 Rabbit mAb 1:1000, 1:200 WB, IF cell signaling/5339

Phospho-SMAD3 (S423/425) Rabbit mAb 1:1000 WB cell signaling/9520
SMAD3 Rabbit mAb 1:1000 WB cell signaling/9523

Phospho-Akt (Ser473) Rabbit mAb 1:2000 WB cell signaling/4060
Akt (pan) Rabbit mAb 1:1000 WB cell signaling/4691

Phospho-ERK1/2 Rabbit mAb 1:2000 WB cell signaling/4370
ERK1/2 Rabbit mAb 1:4000 WB cell signaling/4695

Pan actin Rabbit mAb 1:1000 WB cell signaling/8456
Myosin, sarcomere (MHC) 2.5 μg/mL IF DSHB/MF20-s, Iowa City, IA, USA

Anti-Rabbit IgG-POD
(LumiLightPLUS Western Blotting Kit) 1:2000 WB Roche/12015218001, Basel, Switzerland

Goat anti-Rabbit IgG (H + L), Alexa Fluor® 555 conjugate 1:500 IF ThermoFisher Scientific/A21428, Waltham, MA, USA
Goat anti-Mouse IgG (H + L), Alexa Fluor® 488 conjugate 1:250 IF ThermoFisher Scientific/A11001

2.8. Immunofluorescence

Cells were washed 2x with cold phosphate-buffered saline (PBS) (Gibco, 14190250, Waltham, MA,
USA) and fixated for 10 min in 4% paraformaldehyde (PFA) (Fisher Scientific, Pittsburgh, PA, USA) at
room temperature. Cells were washed 3x in PBS and permeabilised in 0.1% Triton X-100 in PBS for
10 min. After this, the cells were washed 3x in PBS with 0.05% Tween20 (PBS-T) and incubated for
1 h in 5% normal goat serum (ThermoFisher Scientific, 50062Z, Waltham, MA, USA) in PBS at room
temperature. The cells were incubated overnight with primary antibody (Table 2) in 5% normal goat
serum in PBS at 4 ◦C. Then, the cells were washed 3 × 5 min in PBS-T and incubated with secondary
antibody (Table 2) in PBS-T for 1 h at room temperature. Cells were washed again 3 × 5 min in PBS-T
and incubated in PBS with 4‘,6-diamidino-2-phenylindole (DAPI) (100 ng/mL). After this, the cells were
rinsed with PBS and stored in PBS at 4 ◦C. Images were taken with a fluorescent microscope (Zeiss
Axiovert 200M, Hyland Scientific, Stanwood, WA, USA) using the program Slidebook 5.0 (Intelligent
Imaging Innovations, Göttingen, Germany). The images were analysed using ImageJ [26].

2.9. Statistical Analysis

Graphs were made in Prism version 8 (GraphPad software, San Diego, CA, USA). All data were
presented as mean + standard error of the mean (SEM). The data were normalised by the values of a
control group or of control cells at 0 h. In graphs of time-dependent relative mRNA expression, values
of control cells at 0 h were not presented. Statistical analysis was performed in SPSS version 25 (IBM,
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Amsterdam, The Netherlands). Significance in the difference between two groups was determined
by independent t-test. Statistical significance for multiple comparisons was determined by one-way
analysis of variance (ANOVA) or two-way ANOVA with post-hoc Bonferroni corrections. Significance
was set at * p < 0.05.

3. Results

3.1. TGF-β Inhibits Expression of Myogenic Genes in both C2C12 Myoblasts and Myotubes

TGF-β reduced both the fusion index (number of myotubes with two or more nuclei per total
number of nuclei) and differentiation index (number of nuclei within the myotubes per total number
of nuclei) of C2C12 cells (Figure 1a–d). After 1 h of TGF-β treatment, in both myoblasts and
myotubes SMAD2 and SMAD3 were phosphorylated (Figure 1e–i), indicating that both myoblasts and
myotubes are sensitive to TGF-β. SMAD phosphorylation was inhibited by TGF-β receptor type I
inhibitor Ly364947.

Figure 1. Transforming Growth Factor β (TGF-β) inhibits C2C12 differentiation. (a,b) C2C12 cells were
induced to differentiate in control medium (a) or medium supplemented with TGF-β (b). Myotubes
stained for myosin heavy chain (MHC) (green). Nuclei were stained using DAPI (blue). Scale indicates
100 μm. (c,d) Fusion index, defined as number of myotubes ≥ 2 nuclei/total number of nuclei and
differentiation index defined as number of nuclei within MHC+myotubes/total number of nuclei were
reduced after TGF-β. (e,f,g,h,i) In both myoblasts and myotubes, phosphorylation levels of SMAD2
(f,g) and SMAD3 (h,i) were increased upon 1 h of TGF-β treatment. Pan actin served as loading
control. Phosphorylation levels are displayed as relative intensity of pSMAD/total SMAD. Data were
normalized to values of control condition. Error bars indicate standard error of the mean; * indicates
significant difference at p < 0.05; n = 4 experiments per condition.
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Subsequently, to assess acute and delayed effects in both myoblasts and myotubes, the time-
dependent effects of TGF-β on myogenic gene expression were examined after 1, 3, 9, 24 and 48 h of
treatment. After 9, 24 and 48 h of TGF-β treatment, Myod mRNA expression levels in myoblasts were
reduced compared to those in untreated cells, although, after 48 h, Myod mRNA expression levels were
increased compared to those at earlier time points (Figure 2a). After 24 and 48 h, myogenin (Myog) and
embryonic myosin heavy chain (Myh3) mRNA expression levels in myoblasts were reduced compared
to those in untreated cells, although expression levels did gradually increase compared to earlier time
points (Figure 2b,d). These results show that TGF-β does not acutely reduce the expression levels of
Myod, Myog and Myh3 in myoblasts, but rather reduces or attenuates differentiation-related increases
in mRNA expression levels of Myod, Myog and Myh3 at later time points. In myotubes, Myog mRNA
expression levels were not significantly affected by TGF-β (Figure 2c). However, after 24 and 48 h of
TGF-β treatment, Myh3 expression levels were reduced compared to those in untreated myotubes
(Figure 2e). Thus, TGF-β represses Myh3 mRNA expression, even in differentiated myotubes.

Figure 2. TGF-β reduces myogenic gene expression. (a,b,d,f) In myoblasts, expression levels of Myod
(a) were reduced by TGF-β after 9 h compared to those of untreated cells, while expression levels of
Myog (b) and Myh3 (d) were reduced after 24 h. Id1 expression levels (f) were induced after 1 h and
repressed after 24 and 48 h. (c,e,g) In myotubes, the expression levels of Myog (c) were unaffected by
TGF-β, while expression levels of Myh3 (e) were reduced compared to those of untreated cells after
24 and 48 h. Expression levels of Id1 (g) were induced after 1 h and remained slightly elevated at
later time points. (h) In untreated myoblasts, the expression levels of Cdkn1a significantly increased,
while this increase was inhibited in TGF-β treated cells. (i) Cdkn1a mRNA expression increased during
myoblast differentiation, where D0 is the start of differentiation and D1, 2, 3 and 4 are days 1 to 4 of
differentiation. Gapdh served as housekeeping gene. Data were normalized to values of control cells at
0 h; * indicates significant difference at p < 0.05; n = 3 experiments per condition.
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Regarding the mechanisms underlying effects on differentiation, inhibitor of differentiation 1 (Id1)
overexpression has been suggested to inhibit differentiation [27]. Since TGF-β induces Id1 expression in
various cell types via SMAD1/5 [28], we quantified Id1 expression levels. In both C2C12 myoblast and
myotubes, TGF-β transiently upregulated Id1 expression after 1 h (Figure 2f,g), which corresponded
with observed SMAD1/5 phosphorylation (Figure S1). In myoblasts, after 24 and 48 h of TGF-β
treatment Id1 mRNA expression levels were slightly reduced compared to those in untreated cells,
whereas in myotubes Id1 mRNA expression levels remained elevated. Based on these results, together
with the known function of Id1, it is conceivable that Id1 is involved in TGF-β mediated inhibition
of differentiation.

In addition, effects of TGF-β on cell cycle inhibitor cyclin-dependent kinase inhibitor 1A
(Cdk1na) mRNA expression was examined, because myostatin has been suggested to inhibit myoblast
differentiation through inhibition of cyclin-dependent kinase inhibitor 1A [21]. In untreated C2C12
myoblasts, after 48 h Cdk1na mRNA expression levels were increased, while this increase was inhibited
by TGF-β treatment (Figure 2h). However, Cdk1na expression increased during myoblast differentiation
(Figure 2i) and no significant effects were observed at earlier time points. This indicates that effects on
Cdkn1a mRNA expression were likely related to inhibited differentiation, rather than a direct effect of
TGF-β on Cdkn1a mRNA expression. This suggests that TGF-β does not inhibit differentiation via the
regulation of Cdkn1a expression.

3.2. TGF-β Does Not Affect Myotube Size In Vitro

TGF-β does not only negatively regulate muscle mass via the inhibition of myoblast differentiation,
but TGF-β overexpression in adult mouse muscle has also been shown to result in increased expression
of E3 ligase atrogin-1, as well as a reduction in muscle fibre cross sectional area [18]. Furthermore,
myostatin is well known to stimulate the expression of E3 ligases, both in adult muscle as well as in
myotubes in vitro [29]. E3 ligases are involved in protein degradation via Akt/FOXO signalling and
play a role in muscle atrophy [30]. These studies indicate that TGF-β may induce protein degradation
and subsequent muscle fibre atrophy via a similar mechanism as myostatin does. In addition,
TGF-β-induced protein degradation in differentiating myoblasts may attenuate further myoblast
differentiation. Since it remains to be assessed whether TGF-β induces muscle atrophy directly via
upregulation of E3 ligase expression, time-dependent effects of TGF-β treatment on expression of
muscle specific E3 ligases were determined. In myoblasts, after 3, 9, 24 and 48 h of TGF-β treatment
mRNA expression levels of muscle RING-finger 1 (Murf-1) were reduced, while after 24 h Atrogin-1
mRNA expression was transiently repressed (Figure 3a,b). In myotubes, the expression levels of
Atrogin-1 were not affected by TGF-β, whereas after 24 and 48 h mRNA expression levels of Murf-1
were reduced compared to those in untreated myotubes (Figure 3c,d). These results suggest that
TGF-β may protect myotubes against E3 ligase-induced protein degradation. However, our results
also show that the endogenous expression of Murf-1 and Atrogin-1 increased during differentiation,
which suggests that the observed effects of TGF-β on Murf-1 and Atrogin-1 expression levels were
likely related to its inhibitory effect on differentiation (Figure 3e,f). In both myoblasts and myotubes,
TGF-β transiently increased the expression levels of the ligase Musa1 (Figure 3g,h). In myoblasts,
Musa1 expression levels were significantly increased after 9 h. In myotubes, expression levels were
increased after 3 and 9 h.

Subsequently, myotube thickness was measured in C2C12 myoblasts that were differentiated in
the presence or absence of TGF-β for three days (cells shown in Figure 1a). There was no significant
difference in diameter between myotubes treated with TGF-β and controls (Figure 3n). Furthermore,
while SMAD2 and SMAD3 were phosphorylated after 1 h of TGF-β treatment, no significant effects
on Akt or ERK1/2 phosphorylation were observed (Figure 3j–m). Together, these results indicate that
in vitro TGF-β alone does not affect myotube size.
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Figure 3. TGF-β does not affect myotube size. (a,b) In myoblasts, relative expression levels of Atrogin-1
(a) and Murf-1 (b) were inhibited by TGF-β. (c,d) In myotubes, Atrogin-1 (c) expression was unaffected
by TGF-β, while Murf-1 (d) expression levels were inhibited after 3, 24 and 48 h. (e,f) mRNA expression
of Atrogin-1 (e) and Murf-1 (f) increased during differentiation, where D0 is the start of differentiation
and D1, 2, 3 and 4 are days 1 to 4 of differentiation. (g,h) In both myoblasts (g) and myotubes (h),
TGF-β transiently increased Musa1 expression levels. Gapdh served as housekeeping gene. Data were
normalized to values of control cells at 0 h; * indicates significant difference at p < 0.05; n = 3 experiments
per condition (a–h). (i,j) Western blot quantification of Akt phosphorylation in myoblasts, (k) Akt
phosphorylation in myotubes, (l) ERK1/2 phosphorylation in myoblasts, (m) ERK1/2 phosphorylation
in myotubes. Pan actin served as loading control. Phosphorylation levels are displayed as relative
intensity of phospho/total protein. Data were normalized to values of the control condition. Error
bars indicate standard error of the mean; n = 4 experiments per condition. n After 3 days of TGF-β
treatment, the myotube diameters displayed in Figure 1a were not significantly different from those of
control condition. n = 80 per experimental condition.
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3.3. TGF-β Affects Fibrotic Gene Expression in a Time-Dependent Manner in Both Myoblasts and Myotubes

Time-dependent effects of TGF-β on fibrotic gene expression in C2C12 myoblasts and myotubes
were studied. In both myoblasts and myotubes, TGF-β acutely and transiently induced the expression
of Ctgf and Fgf-2 (Figure 4a–d). Expression levels peaked between 3 and 9 h of treatment and
remained significantly increased for at least 48 h compared to levels in untreated cells. In myoblasts,
after 3 h TGF-β treatment, Col1a1 expression levels were 1.9-fold higher compared to those in untreated
cells. This effect gradually increased, and after 48 h, Col1a1 expression levels were 5.6-fold higher
in comparison to levels in untreated cells (Figure 4e). In myotubes, Col1a1 mRNA expression levels
were 10-fold higher compared to those in myoblasts (Figure 4i). After 9 and 48 h of TGF-β treatment,
Col1a1 expression levels were 1.5-fold higher compared to those in untreated cells (Figure 4f). NAPDH
oxidase 4 (Nox4) is a TGF-β target gene that is required for TGF-β-induced expression of components
of extracellular matrix (ECM) [31]. Our results show that in both myoblasts and myotubes, Nox4
mRNA expression levels were significantly higher compared to those in untreated cells, after 9 or
3 h of TGF-β treatment, respectively. The effect of TGF-β treatment gradually increased and after
48 h, in myoblasts, Nox4 expression levels were 7.9-fold higher and, in myotubes, 3.1-fold higher
compared to those of untreated cells (Figure 4g,h). These results suggest that TGF-β stimulates fibrosis
by increasing collagen type I expression in both myoblasts and myotubes.

3.4. TGF-β Induces Col1a1 Expression via Ctgf and Fgf-2 in Myoblasts

To investigate whether TGF-β induces Col1a1 expression in C2C12 myoblasts directly or via
the autocrine expression of Ctgf or Fgf-2, the effects of TGF-β treatment on Col1a1 expression were
studied in the presence of siRNA targeting Ctgf or Fgf-2. At all time points, treatment with siRNA
reduced Ctgf or Fgf-2 mRNA expression levels compared to levels of control siRNA treatment by >90%
and >80%, respectively (Figure 4j,m). At 48 h of TGF-β treatment the induction of Col1a1 mRNA
expression was substantially lower (approximately 50%) in the presence of siRNA targeting either Ctgf
or Fgf-2 compared to controls (Figure 4k,n), suggesting that Col1a1 mRNA expression is at least in part
regulated by TGF-β dependent Ctgf and Fgf-2 expression. In addition, after 3 h of TGF-β treatment,
Ctgf knockdown did not affect Fgf-2 mRNA expression, although after 48 h Fgf-2 mRNA expression
was significantly lower (approximately 70%) in the presence of siRNA targeting Ctgf, compared to
controls (Figure 4l). Ctgf mRNA expression was significantly lower (>55%) in the presence of siRNA
against Fgf-2 compared to controls at all time points (Figure 4o).

3.5. TGF-β Has a Larger Effect on Muscle Differentiation and Fibrosis than Myostatin

Due to the functional and mechanistic similarities between TGF-β and myostatin, the effects of
myostatin and TGF-β on C2C12 and primary myoblasts were studied. C2C12 and primary myoblasts,
as well as myotubes, were treated with different doses of myostatin or TGF-β. Although a higher
concentration of myostatin was needed compared to that of TGF-β in C2C12 and primary myoblasts,
as well as myotubes, both proteins induced the translocation of SMAD2 to the nucleus. Figure 5a
shows that in primary myotubes and undifferentiated myoblasts, 1 h of 10 ng/mL TGF-β or 300 ng/mL
myostatin treatment resulted in the nuclear translocation of SMAD2. Little effect was observed for
0.01 ng/mL TGF-β or 10 ng/mL myostatin. Both of these ligands have a molecular weight of 25 kDa.
In primary myoblasts, the comparison of effects of 3 and 48 h myostatin or TGF-β treatment on
myogenic and fibrotic gene expression levels showed that after 48 h TGF-β reduced Myh3 expression
by approximately twofold compared to controls, while myostatin did not affect Myh3 expression
(Figure 5b,c). Furthermore, although in primary myoblasts after 3 h of treatment both myostatin
and TGF-β significantly enhanced Ctgf mRNA expression levels, TGF-β increased Ctgf expression
levels by 2.2-fold, while myostatin increased Ctgf expression levels only by 1.6-fold (Figure 5d,e).
These results indicate that TGF-β has a stronger effect on fibrotic and myogenic gene expression levels
than myostatin.
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Figure 4. TGF-β affects fibrotic gene expression levels in myoblasts and myotubes in a time-dependent
matter. (a–h) mRNA expression levels of (a) Ctgf in myoblasts, (b) Ctgf in myotubes, (c) Fgf-2 in
myoblasts, (d) Fgf-2 in myotubes, (e) Col1a1 in myoblasts, (f) Col1a1 in myotubes, (g) Nox4 in myoblasts,
(h) Nox4 in myotubes. (a–d) In myoblasts and myotubes, expression levels of Ctgf and Fgf-2 were
acutely induced by TGF-β. (e–h) Col1a1 and Nox4 expression levels were gradually induced by TGF-β.
Gapdh served as housekeeping gene; data were normalized to values of control cells at 0 h; * indicates
significant difference at p < 0.05; n = 3 experiments per condition (a–h). (i) Col1a1 mRNA expression
levels in myotubes were approximately 10-fold higher compared to those in myoblasts. Gapdh served
as housekeeping gene; data were normalized to expression values in myoblasts. * p indicates significant
difference at <0.05; n = 6 experiments per condition. (j) At all time points after siRNA treatment,
Ctgf expression was knocked down by >90%. (k) Col1a1 expression was reduced in the presence of
siRNA targeting Ctgf. (l) After 3 h of TGF-β treatment, Fgf-2 expression increased independent of
Ctgf. After 48 h of TGF-β treatment, in the presence of siRNA targeting Ctgf, Fgf-2 expression was
significantly reduced. m At all time points after siRNA treatment, Fgf-2 expression was knocked down
by >81%. Both Col1a1 (n) and Ctgf (o) expression levels were significantly reduced in the presence of
siRNA targeting Fgf-2 compared to those of control siRNA condition. Gapdh served as housekeeping
gene; data were normalized to values of control cells at 0 h; * indicates significant difference at p < 0.05;
n = 6 experiments per condition (j–o).
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Figure 5. TGF-β has a larger effect on myoblasts compared to myostatin. (a) Primary cells were induced
to differentiate for 2 days and subsequently treated with TGF-β (0.01 or 10 ng/mL) or myostatin (10
or 300 ng/mL). Myotubes were stained for MHC (green) and nuclei were stained using DAPI (blue).
SMAD2 is visible in red. The scale indicates 100 μm. After TGF-β or myostatin treatment, SMAD2 was
translocated to the nucleus in both myotubes and undifferentiated myoblasts compared to controls.
(b,c) In primary mouse myoblasts, expression levels of Myh3 mRNA were reduced after 48 h TGF-β
treatment compared to those in untreated cells (b), while no differences were observed for myostatin
(MSTN) (c). (d,e) Expression levels of Ctgf were increased after 3 h TGF-β (d) or myostatin treatment (e)
compared to those in untreated cells, although TGF-β had a larger effect. (f,g) Treatment with specific
siRNAs reduced levels of Acvr1b (f) or Tgfbr1 (g). (h,i) Knockdown of Acvr1b or Tgfbr1 did not affect
Myod (h) or Myog (i) expression levels. (j,k) Tgfbr1 knockdown slightly reduced Ctgf (j) and Col1a1
(k) expression levels, while Acvr1b knockdown had little effect. The combined knockdown of Tgfbr1
and Acvr1b did significantly reduce Ctgf and Col1a1 expression levels. Gapdh served as housekeeping
gene; error bars indicate standard error of the mean; * indicates significant difference at p < 0,05;
n = 3 experiments per condition; data were normalized to values of control cells at 0 h. (l,m) There
is a significant correlation between Tgfbr1 expression level and Ctgf and Col1a1 expression levels (l),
while no such correlations were found between Acvr1b expression levels and Ctgf or Col1a1 expression
levels (m).
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3.6. Tgfbr1 Levels Correlate with Ctgf and Col1a1 Expression Levels

To further examine the effects of myostatin and TGF-β, type I receptors Acvr1b and Tgfbr1 were
individually or simultaneously blocked in myoblasts using specific siRNAs. C2C12 myoblasts were
treated with siRNA against Acvr1b or Tgfbr1 for 24 h in growth medium and were additionally
treated with siRNA for 48 h in differentiation medium. Acvr1b and Tgfbr1 siRNA reduced receptor
mRNA levels by >60% and >50%, respectively, without affecting expression of the other receptor
(Figure 5f,g). No significant effects of siRNA treatment on Myod or Myog expression levels were
observed (Figure 5h,i). In line with these results, receptor blocking during differentiation using
chemical blocker Ly364947 did not affect fusion or differentiation index nor myotube thickness after 3
days of differentiation (Figure 6a–e). In addition, Ly364947 treatment did not affect Myh3 expression
levels after 48 h of differentiation. However, when C2C12 myoblasts were simultaneously treated
with TGF-β and Ly364749, Myh3 mRNA expression levels were significantly increased compared
to those in TGF-β treated cells and similar to those in control cells. In line with observations in
primary myoblasts, in C2C12 cells myostatin treatment had no significant effect on Myh3 expression
(Figure 6f). In addition, when the receptors were blocked with Ly364947 during proliferation for 24 h
and subsequent differentiation for 2 days, Myh3 expression was significantly increased (Figure 6g).
Knockdown of Acvr1b did not significantly affect levels of Ctgf and Col1a1 mRNA, whereas Tgfbr1
knockdown reduced expression levels of Ctgf and Col1a1 mRNA. Combined knockdown of Acvr1b
and Tgfbr1 did not reduce Ctgf or Col1a1 mRNA levels significantly further than Tgfbr1 knockdown
(Figure 5j,k). In addition, Tgfbr1 mRNA expression levels significantly correlated with both Ctgf
and Col1a1 mRNA expression levels (Figure 5l,m). Taken together, these results indicate that TGF-β
signalling via Tgfbr1 has a stronger effect on muscle fibrosis compared to myostatin.

Figure 6. Effects of type I receptor blocking on myoblast differentiation is time-dependent. (a,b) C2C12
cells were induced to differentiate in control medium (a) or in medium supplemented with the TGF-β
receptor inhibitor Ly364947 (b). Myotubes were stained for MHC (green) and nuclei were stained
using DAPI (blue). Scale indicates 100 μm. (c) Fusion index, defined as number of myotubes ≥ 2
nuclei/total number of nuclei and (d) differentiation index defined as number of nuclei within MHC+
myotubes/total number of nuclei were not significantly affected by Ly364947 treatment. Error bars
indicate standard error of the mean; * indicates significant difference at p < 0.05; n = 4 experiments
per condition. (e) Myotube thickness was not affected by Ly36447 treatment, compared to control
condition. (f) 48 h of Ly364947 treatment did not affect Myh3 expression levels in differentiating C2C12
myoblasts. Myh3 expression levels were significantly increased in cells simultaneously treated with
TGF-β and Ly364947 compared to those of cells treated with TGF-β and similar to those of untreated
cells. Myostatin did not significantly affect Myh3 expression levels. (g) Myh3 expression levels were
significantly increased when C2C12 myoblasts were treated with Ly364947 during proliferation for 24 h
and subsequent culture in differentiation medium for 48 h.
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4. Discussion

The aim of this study was to assess the time-dependent effects of TGF-β signalling on gene
expression in myoblasts and myotubes and compare the effects of TGF-β and myostatin signalling in
myoblasts. Here we show that in vitro TGF-β treatment inhibits the expression of a subset of myogenic
genes in both myoblasts and myotubes, but does not affect myotube thickness. Most importantly,
our results show that TGF-β regulates the expression of fibrotic genes in both myoblasts and myotubes
in a time-dependent manner. TGF-β regulates Col1a1 mRNA expression at least in part via Ctgf and
Fgf-2 and, in addition, Ctgf and Fgf-2 are also required to induce the expression of each other. Moreover,
our results show a more prominent role for TGF-β in SMAD signalling, as well as myogenic and
fibrotic gene expression in comparison to myostatin.

4.1. TGF-β Affects Myogenic Gene Expression in Both Myoblasts and Myotubes

TGF-β is known for its inhibitory effect on myoblast differentiation in vitro through inhibition of
MyoD [14,32]. As expected, TGF-β inhibited myoblast differentiation and myogenic gene expression.
Also, in myotubes, a reduction in Myh3 expression was observed after 24 and 48 h of TGF-β treatment.
Embryonic myosin heavy chain (eMHC), which is encoded by Myh3, is normally only expressed during
embryonic/fetal and neonatal development, but is transiently re-expressed during muscle regeneration.
The loss of eMHC in adult muscle in vivo has been shown to change MHC isoform expression,
while in vitro Myh3 knockdown may result in reduced fusion index and a reduced number of reserve
cells, which suggests that loss of Myh3 results in the early differentiation of MuSCs, depleting the
MuSC pool [33]. Together, these results suggest that long-term TGF-β expression in muscle fibres after
injury or in chronic disease may impede proper regeneration through repression of Myh3 expression.

Additionally, TGF-β has been known from previous studies to interfere with MyoD function via
two different mechanisms. First, TGF-β-induced SMAD3 can directly interact with MyoD. Second,
TGF-β/SMAD3 interferes with the interaction between MyoD and myocyte enhancer factor 2 (MEF2),
which is required for the expression of many myogenic genes [14,32]. Here, we show that TGF-β
induces Id1 expression acutely and transiently in both myoblasts and myotubes. Id1 is known to
inhibit myoblast differentiation by interfering with the formation of MyoD/E complexes, which are
required for MyoD function [27]. Our data suggest that the upregulation of Id1 mRNA may be another
mechanism through which TGF-β interferes with MyoD function.

4.2. TGF-β Does Not Affect Myotube Size In Vitro

TGF-β overexpression within mouse muscle has been shown to result in the stimulation of
atrogin-1 expression and atrophy in vivo [17,18]. To investigate whether this increase in atrogin-1
expression was a direct or indirect effect of TGF-β, time-dependent effects of TGF-β on E3 ligase
mRNA expression were studied. In contrast to what has been shown in vivo, C2C12 myotubes did not
show evidence for any effect of TGF-β on muscle atrophy. TGF-β treatment resulted in a reduction
in Atrogin-1 and Murf-1 mRNA expression, rather than an increase. Moreover, an increase in both
Atrogin-1 and Murf-1 expression was observed during differentiation, which suggests that the observed
TGF-β-induced effects on E3 ligase mRNA expression were likely related to inhibition of differentiation.
In both myoblasts and myotubes, expression levels of the ligase Musa1 were transiently increased.
Furthermore, TGF-β did not affect Akt or ERK1/2 phosphorylation nor myotube size. Together,
these data indicate that in C2C12 myotubes, TGF-β does not directly contribute to atrophy. However,
in vivo long term overexpression of TGF-β may lead to a reduction in muscle fibre size [17,18]. Based on
our data, this observed in vivo TGF-β overexpression-induced atrophy is possibly mediated via Musa1
rather than by elevated Murf-1 or Atrogin-1 expression levels. Furthermore, we show that TGF-β
stimulates Nox4 and Id1 mRNA expression. These genes have been implied to play a role in muscle
atrophy [34,35]. TGF-β has been shown to induce caspase 3 expression and DNA fragmentation in
C2C12 cells [36]. As such, myonuclear apoptosis and loss of muscle stem cells induced by TGF-β may
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contribute to muscle atrophy as well. The role of TGF-β in the regulation of muscle fibre size requires
further investigation.

4.3. TGF-β Contributes to Fibrosis by Stimulation of Fibrotic Gene Expression in Myoblasts and Myotubes

Our data show that both myoblasts and myotubes express various pro-fibrotic genes and TGF-β
stimulates the expression of these genes in a time-dependent manner. This suggests that, in addition to
its effect on fibroblasts, TGF-β likely also contributes to muscle fibrosis through effects on myoblasts
and muscle fibres. The stimulatory effects of TGF-β on Col1a1 mRNA expression in myotubes were
relatively small compared to those in myoblasts. Nevertheless, myotubes may contribute substantially
to collagen type I production. Basal expression levels of Col1a1 in myotubes were approximately
10-fold higher than in myoblasts. Moreover, MuSCs comprise approximately 2%–5% of the myonuclei
within mature muscle [37] and the number of fibroblasts is roughly 10-fold lower than the number
of myonuclei [38,39]. Therefore, it is conceivable that within mature skeletal muscle, differentiating
myoblasts and muscle fibres contribute substantially to the production of collagen type I.

Collagen type I is found in the endo-, peri- and epimysium surrounding muscle fibre [40,41].
Collagen fibres reinforce the ECM surrounding muscle fibres, which is essential in providing a niche
for MuSCs, giving structure to the muscle and is even crucial for proper muscle function [42–44]. It is
conceivable that during myogenesis and muscle regeneration, muscle fibres will secrete collagen type I
to contribute to the deposition of connective tissue that provides a scaffold for the regenerating parts of
the muscle fibre. However, chronic high expression of TGF-β in skeletal muscle may contribute to
muscle fibrosis via the continuous elevated expression of collagen. In muscular dystrophies and aged
muscle, TGF-β expression in damaged areas of the muscle may cause excessive collagen deposition.
This may result in locally enhanced stiffness along the muscle fibre, which may cause strain distributions
along the length of the muscle fibre. As a consequence, muscle fibres are likely to become susceptible
to further injuries. In addition, excessive collagen deposition will result in enhanced stiffness of
the muscle stem cell niche and likely alter MuSC mechanosensitivity, which may reduce myoblast
differentiation and thus impair muscle regeneration capacity [44–47].

Besides pro-fibrotic growth factors and ECM genes, TGF-β also induced the expression of Nox4.
Nox4 expression is induced by TGF-β within various cell types such as endothelial cells or lung
mesenchymal cells [31,48]. Nox4 is part of an enzyme family which catalyses the reduction of oxygen
into reactive oxygen species (ROS). In lung fibrosis, Nox4-dependent H2O2 generation is required
for TGF-β mediated myofibroblast differentiation and ECM production [31]. Furthermore, Nox4 is
a known source for oxidative stress in many tissues and in chronic kidney disease both Nox4 and
oxidative damage markers are increased in muscle [49]. Therefore, we suggest that prolonged TGF-β
expression in muscle wasting disorders may contribute to oxidative damage via Nox4 upregulation.

4.4. TGF-β Induces Col1a1 Expression via Autocrine Ctgf and Fgf-2 Signalling

In lung fibrosis, TGF-β is known to induce collagen 1 expression via CTGF [50–52]. This,
in combination with the observed expression patterns for Ctgf, Fgf-2 and Col1a1 in our myoblasts
and myotubes, raised the question regarding whether in muscle cells TGF-β directly induced Col1a1
expression or indirectly via enhancement of expression of these growth factors. Ctgf and Fgf-2 were
significantly knocked down using siRNA. After 48 h of TGF-β treatment, Col1a1 mRNa expression
levels were significantly reduced when Ctgf or Fgf-2 was knocked down. This suggests that Col1a1
expression is at least in part dependent on both Ctgf and Fgf-2 expression in an autocrine manner.
In corneal endothelial cells and human vertebral bone marrow stem cells, FGF-2 has been implied
to stimulate collagen production [53,54], while in muscle FGF-2 is best known to stimulate MuSC
activation and proliferation [55,56]. In this study, we show for the first time that in C2C12 muscle cells
Fgf-2 is required for TGF-β induced Col1a1 mRNA expression.

Our results show that after 3 h of TGF-β treatment, Ctgf knockdown did not significantly affect
Fgf-2 expression; however, Fgf-2 expression was significantly reduced after 48 h of TGF-β treatment in
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the presence of siRNA against Ctgf. These data suggest that TGF-β acutely induces Fgf-2 expression
independently of changes in Ctgf expression, though chronic expression of Fgf-2 depends on Ctgf
expression levels. Ctgf expression was shown to depend on Fgf-2 levels both acutely and chronically.
To the best of our knowledge, this interaction has not been reported before. See Figure 7 for a schematic
of the proposed mechanism for TGF-β induced regulation of Ctgf, Fgf-2 and Col1a1. We suggest that
TGF-β stimulates Col1a1 expression largely via the autocrine and paracrine signalling of Ctgf and Fgf-2
and that Ctgf and Fgf-2 may regulate the expression of each other via a positive feedback loop.

 

Figure 7. Schematic illustration of a proposed mechanism of how TGF-β regulates Col1a1 mRNA
expression. TGF-β binds to its receptors and activates downstream SMAD2/3 signalling. Subsequently,
R-SMAD complexes translocate into the nucleus to regulate mRNA expression of growth factors such
as Ctgf and Fgf-2. CTGF and FGF-2 proteins are secreted by the muscle cell and subsequently induce
Col1a1 expression via autocrine or paracrine signalling. Furthermore, expression levels of Fgf-2 and
Ctgf are dependent on each other.
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4.5. TGF-β Has a More Pronounced Effect than Myostatin on Myoblast Differentiation and Fibrotic
Gene Expression

Because of overlap in functional implications and mechanistic similarities between TGF-β and
myostatin signalling in myoblasts, we compared the effects of both growth factors on myogenic and
fibrotic gene expression. In order to induce downstream activation of SMAD2 signalling, a higher
concentration of myostatin was required compared to TGF-β. Furthermore, in myoblasts, TGF-β had a
larger effect on Myh3 and Ctgf expression compared to myostatin. To further compare effects of TGF-β
and myostatin signalling on myoblasts, these ligands were inhibited by using siRNA against their type
I receptors. TGF-β is best known to signal via the TGF-β type I receptor TGFR-1 [24]. In epithelial
cells, it has been shown that myostatin can signal via TGFR-1, as well as via ACTR-1B [23]. In mouse
myoblasts, myostatin has been shown to signal mainly via ACTR-1B and not via TGFR-1, while in
mouse fibroblasts myostatin signals mainly via ACTR-1B [25]. Together, these studies suggest that the
knockdown of Tgfbr1 mainly inhibits TGF-β signalling, while Acvr1b knockdown inhibits myostatin
signalling. Here, we show in C2C12 myoblasts that Ctgf and Col1a1 mRNA levels correlate with Tgfbr1
mRNA expression levels, but not with Acvr1b expression levels. Moreover, no synergistic effects on the
expression of pro-fibrotic genes were observed for combined receptor knockdown. Together, these data
indicate that in muscle cells TGF-β has a more pronounced effect on fibrosis than myostatin and that
pro-fibrotic gene expression in muscle is mainly mediated via Tgfbr1, and not via Acvr1b.

Acvr1b and Tgfbr1 inhibition using siRNA did not affect the expression of myogenic genes.
Furthermore, we showed that receptor blocking during differentiation using chemical blocker Ly364947
did not affect the differentiation or fusion index after 3 days, nor the expression of Myh3 after 2 days.
However, in cells treated with both TGF-β and Ly364947, Myh3 expression levels were similar to
those of control cells, which indicates that Ly364947 cancels out the negative effect of TGF-β on
Myh3 expression levels. In addition, when Acvr1b and Tgfbr1 receptors were blocked by Ly364947
during proliferation for 24 h and subsequent differentiation for 2 days, Myh3 expression levels were
significantly increased compared to those of controls. This indicates that the negative effects of
TGF-β on myoblast differentiation were cancelled by Tgfbr1 blocking. The role of Acvr1b in myoblast
differentiation cannot be concluded based on these results.

Under differentiation conditions, receptor blocking does not further enhance the expression of
myogenic genes, which indicates that effects of TGF-β and possibly myostatin on differentiation
are dose-dependent and time-dependent. The serum levels (i.e., growth factors such as TGF-β) are
relatively low in the differentiation medium compared to the levels in growth medium. This suggests
that low concentrations of TGF-β have a minor effect on myogenic gene expression and myoblast
differentiation. Note that there is a difference between the chemical blocker Ly364947 and the siRNAs
targeting Acvr1b and Tgfbr1 in interference with type I receptor function. While Ly364947 blocks TGF-β
signalling within one hour, as demonstrated in Figure 1, siRNAs interfere with the translation of the
target mRNA, which may result in a delayed knockdown of type I receptors (Figure 5). This may
explain why the presence of siRNA in growth medium did not affect myogenic gene expression.
Based on our results, it seems that myoblast differentiation is less sensitive to myostatin signalling
than to TGF-β signalling.

4.6. Implications in Therapeutic Treatments

Altogether, our results demonstrate that TGF-β signalling has an inhibitory effect on myoblast
differentiation and contributes substantially to fibrosis. Therefore, the TGF-β pathway proves to be
an interesting potential therapeutic target for treatment of muscular dystrophies. The inhibition of
the TGF-β pathway may relieve and attenuate progressive muscle pathology characterized by severe
fibrosis and loss of muscle mass. However, taking into account that TGF-β affects various cellular
processes throughout the body, generic inhibition of the protein may have serious consequences.
Our data show that TGF-β inhibits differentiation and induces fibrosis directly via its receptor in
myoblasts and differentiated myotubes. This indicates that the inhibition of TGF-β exclusively within
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muscle tissue may be an effective approach to improve muscle regeneration in muscular dystrophy.
Furthermore, our data demonstrate that TGF-β has a larger effect on differentiation and fibrosis than
myostatin. Moreover, Tgfbr1, but not Acvr1b inhibition, significantly reduced Ctgf and Col1a1 mRNA
expression levels, while simultaneous receptor knockdown did not reduce expression levels even
further. This suggests that solely blocking Tgfbr1 and concomitant inhibition of TGF-β signalling may
be sufficient to reduce fibrosis in muscular dystrophy. However, when in pathological conditions,
both the inhibition of fibrosis and improved regeneration are required, thus simultaneous blocking of
the Tgfbr1 and Acvr1b receptor may be desirable. It has been shown that both myostatin and activins
signal via Acvr1b and that these ligands synergistically inhibit regulation of muscle size [57,58]. Thus,
simultaneous targeting of Tgfbr1 and Acvr1b in vivo may still have a synergistic effect on overall muscle
function improvement.

5. Conclusions

In conclusion, our data show that TGF-β inhibits myogenic gene expression in both myoblasts and
myotubes, but does not affect myotube size in vitro. Most importantly, our results show that TGF-β
stimulates Col1a1 mRNA expression largely via autocrine expression of Ctgf and Fgf-2. Moreover,
the effects of TGF-β on myogenic and fibrotic signalling are more pronounced than those of myostatin.
Knockdown of Tgfbr1 was sufficient to decrease Ctgf and Col1a1 expression levels, while knockdown of
Acvr1b had little effect. These results indicate that during muscle regeneration, TGF-β induces fibrosis
via Tgfbr1 by stimulating autocrine signalling of Ctgf and Fgf-2.

Supplementary Materials: The following are available online at http://www.mdpi.com/2073-4409/9/2/375/s1,
Figure S1: TGF-β supplementation results in SMAD1/5 phosphorylation in C2C12 myoblasts and myotubes.
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Abstract: Macrophages (MPs) are immune cells which are crucial for tissue repair. In skeletal
muscle regeneration, pro-inflammatory cells first infiltrate to promote myogenic cell proliferation,
then they switch into an anti-inflammatory phenotype to sustain myogenic cells differentiation
and myofiber formation. This phenotypical switch is induced by dead cell phagocytosis. We previously
demonstrated that the transcription factor Nfix, a member of the nuclear factor I (Nfi) family, plays
a pivotal role during muscle development, regeneration and in the progression of muscular dystrophies.
Here, we show that Nfix is mainly expressed by anti-inflammatory macrophages. Upon acute injury,
mice deleted for Nfix in myeloid line displayed a significant defect in the process of muscle regeneration.
Indeed, Nfix is involved in the macrophage phenotypical switch and macrophages lacking Nfix
failed to adopt an anti-inflammatory phenotype and interact with myogenic cells. Moreover,
we demonstrated that phagocytosis induced by the inhibition of the RhoA-ROCK1 pathway leads to
Nfix expression and, consequently, to acquisition of the anti-inflammatory phenotype. Our study
identified Nfix as a link between RhoA-ROCK1-dependent phagocytosis and the MP phenotypical
switch, thus establishing a new role for Nfix in macrophage biology for the resolution of inflammation
and tissue repair.

Keywords: macrophages; Nfix; skeletal muscle; phagocytosis; RhoA-ROCK1

1. Introduction

During their lifetime, tissues encounter physiological and non-physiological damages
and an effective regeneration is necessary to make these tissues able to continuously sustain their
biological functions. Macrophage-mediated inflammation is a fundamental step for tissue recovery.
Macrophages (MPs) are immune cells required for tissue regeneration, as their depletion prevents
regeneration of different tissues/organs, such as liver [1], spinal cord [2] and skeletal muscle [3]. In several
regenerative processes, two populations of MPs have been described. The first population reaching
the damaged tissue is the pro-inflammatory population, also called M1 MPs. Pro-inflammatory MPs
secrete pro-inflammatory molecules, being the main actors of dead cell clearance. The second population
is composed of the anti-inflammatory MPs, named M2 MPs, that come from pro-inflammatory MPs
and are involved in the resolution of the inflammation, wound healing and tissue regeneration or
repair [4–7]. Several studies have shown that an impaired or a precocious phenotypical switch
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from M1 to M2 MPs results in defective tissue regeneration [1,8,9]. Interestingly, it has been
observed that phagocytosis is at the basis of the pro to anti-inflammatory phenotypical switch
in MPs [3,8,10–13]. Although the process of the induction of phagocytosis is well-known (“find-me”,
“eat-me” and “don’t eat-me” signals), the molecular and transcriptional pathways between phagocytosis
and the phenotypical switch are still unexplored [10,11,14,15].

Interestingly, the interplay between MPs and tissue regeneration has been widely documented in
skeletal muscle [7,16–20]. In vertebrates, muscle progenitors originate from pre-somitic and cranial
mesoderm. In pre-natal period, two myogenic waves are necessary for muscle establishment: the first
forms the basic muscle pattern and is called primary or “embryonic” myogenesis, while the second or
“fetal” myogenesis is characterized by muscle maturation and growth [21]. Adult skeletal muscle is
able to regenerate thanks to resident stem cells called satellite cells (SCs), located under the basal lamina
of myofibers [22]. Upon injury, SCs exit from quiescence, proliferate, differentiate in myoblasts and fuse
to reform myofibers [23]. Nuclear factor I X (Nfix) is a transcription factor belonging to the highly
conserved DNA-binding nuclear factor one family (Nfi) together with Nfia, Nfib and Nfic [24]. Nfix
has a key role in prenatal myogenesis by driving the transcriptional switch from embryonic to fetal
myogenesis [25,26]. Nfix is also required for adult myogenesis upon injury, since its absence leads to
defect of SC differentiation [27]. Finally, we recently demonstrated that the deletion of Nfix in two
mouse models of muscular dystrophy induces a significant morphological and functional amelioration
of the pathology by slowing-down muscle regeneration and promoting a switch towards a more
oxidative musculature [28].

During muscle regeneration, myogenic cells and MPs closely interact [7]. Soon after injury, activated
SCs attract blood monocytes that infiltrate damaged muscle and differentiate in pro-inflammatory
MPs that stimulate the proliferation of myoblasts. Then, by removing dead cells, MPs switch to
an anti-inflammatory phenotype that sustains myogenic differentiation [3,29]. While MPs are required
for muscle regeneration, preventing MPs infiltration in dystrophic disease decreases muscle damage [30].
Thus, depending on a context of acute or chronic injury, MPs adopt a complete opposite function toward
muscle cells and environment [31,32].

In this study, we address the role of Nfix in MPs during skeletal muscle regeneration, by using
a mouse model in which Nfix is deleted specifically in MPs. We report that mice lacking Nfix
in myeloid lineages exhibit a delay of muscle regeneration upon acute injury. We demonstrated
that the RhoA-ROCK1-dependent phagocytosis induces Nfix, whose expression is necessary for
the acquisition of anti-inflammatory phenotype and thus pro-regenerative properties through myogenic
cells. Indeed, during the process of muscle regeneration, in the absence of Nfix, MPs are able to
phagocyte, but failed to adopt an anti-inflammatory phenotype necessary for the resolution of
inflammation and muscle regeneration.

2. Materials and Methods

2.1. Animal Models and In Vivo Experimentations

WT, Nfixfl/fl and LysMCRE:Nfixfl/fl mice were used in this study. LysMCRE:Nfixfl/fl mice were
generated, crossing Nfixfl/fl mice obtained from Prof. Richard M. Gronostajski [33] and LysMCRE

mice obtained from Dr. Rémi Mounier [8]. All LysMCRE:Nfixfl/fl mice analyzed were heterozygous
for the LysMCRE. Muscle regeneration was realized by the injection of 20 uL of 100 uM cardiotoxin
(CTX, Latoxan, L8102) in the Tibialis anterior (TA) of 2-month-old mice. For the in vivo analysis of
satellite cells and myoblasts proliferation, EdU (5-ethynyl-2’-deoxyuridine) was injected in Nfixfl/fl

and LysMCRE:Nfixfl/fl mice in intraperitoneal, 12 h before the sacrifice of the mice (100 μL of 6mg/mL
EdU solution for 20 g of mouse weight) (Click-iT EdU Imaging Kits Alexa Fluor 594, Thermo Fisher
A10044, Paisley, UK). Mice were kept in pathogen-free conditions and all procedures conformed to
Italian law (D. Lgs n◦ 2014/26, implementation of the 2010/63/UE) and approved by the University of
Milan Animal Welfare Body and by the Italian Minister of Health.
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2.2. Isolation of MPs from Skeletal Muscle

Fascia of the TA muscles was removed. Muscles were dissociated and digested in RPMI medium
containing 0.2% of collagenase B (Roche Diagnostics GmbH 11088815001) at 37 ◦C for 1 h and passed
through a 70 μm and a 30 μm cell strainer. CD45+ cells were isolated using magnetic beads (Miltenyi
Biotec 130-052-301) and incubated with FcR blocking reagent (Miltenyi Biotec 130-059-901) for 20 min
at 4 ◦C in PBS 2% FBS. Cells were then stained with Ly6C-PE (eBioscience 12-5932) and CD64-APC
(BD Pharmingen 558539) antibodies for 30 min at 4 ◦C. MPs were analyzed or sorted using a FACS Aria III
cell sorter (BD Biosciences) (gating strategy is shown Figure S1). In some experiments, Ly6C+ and Ly6C−
MPs were cytospined on starfrost (Knitterglaser, Bielefeld, Germany) slides and immunostained.

2.3. Histology and Immunofluorescence Analyses

The fascia of TA muscles was removed and the muscles were frozen in liquid nitrogen-cooled
isopentane (VWR) and placed at −80 ◦C until cut. Then, 8 μm-thick cryosections were stained for
hematoxylin-eosin (H&E) and immunofluorescence. H&E (Sigma-Aldrich, Saint-Louis, MO 63103,
USA) staining was processed according to standard protocols. For immunofluorescence analysis,
sections or cells were fixed for 15 min with 4% paraformaldehyde (except for F4/80 and eMyHC
staining). Then, samples were permeabilized with 0.5% Triton X-100 (Sigma-Aldrich) in PBS for 10 min
and blocked with 4% BSA (Sigma-Aldrich) in PBS at RT for 1 h. Primary antibodies were incubated
O/N at 4 ◦C in PBS. After three washes of 5 min with PBS, samples were incubated with secondary
antibodies (1:500, Jackson Laboratory. Fluorochromes used: 488, 594, 546 and 647) and Hoechst (1:500,
Sigma-Aldrich) in PBS for 45 min at RT, then washed four times for 5 min with PBS and mounted
with Fluorescence Mounting Medium (Dako). For Nfix-F4/80 double immunolabeling, cryosections
were labelled with antibodies against F4/80 (1:400, Novus Biologicals NB300-605) overnight at 4 ◦C
and Nfix labelling using (1:200, Novus Biologicals NBP2-15039) the antibody was performed for
2 h at 37 ◦C. For EdU-Pax7-laminin immunolabelling, after fixation and permeabilization of muscle
sections, we followed the manufacturer’s instructions of the Click-iT EdU Imaging Kits Alexa Fluor 594
(Thermo Fisher A10044) to reveal the DNA integrated EdU. Then, for Pax7 immunostaining, antigen
retrieval was performed by incubating muscle sections in boiling 10 mM citrate buffer pH6 for 20 min.
Muscle sections were then incubated O/N with Pax7 (1:2, Hybridoma, DSHB, Iowa City, IA 52242,
USA) and laminin (1:200, Sigma L9393). The other antibodies used were eMyHC (1:2, Hybridome),
MyoD (1:50, Santacruz Biotechnology sc-377460), TNFα (1:50, Abcam ab34839), CCL3 (1:500, Abcam
ab32609, Cambridge, UK), iNOS (1:25, Novus Biologicals NB300-605, Centennial, CO 80112, USA),
CD163 (1:50, Santacruz Biotechnology sc-33560), CD206 (1:50, Bio-Rad MCA2235GA), TGFβ (1:100,
Abcam ab64715), Arginase I (1:100, Santacruz Biotechnology, Cambridge, UK).

2.4. Bone Marrow Derived MPs (BMDM) Culture

Total mouse bone marrow was obtained by flushing femur and tibiae with DMEM. Cells were
cultured in DMEM containing 20% Fetal Bovine Serum (FBS) and 30% of L929 cell line-derived
conditioned medium (enriched in CSF-1) for 6 to 7 days. MPs were polarized using 50 ng/mL IFNγ

(for M1 polarization) (Peprotech #315-05), 10 ng/mL IL10 (for M2c polarization) (Peprotech #210-10), in
DMEM (10% FBS) for 3 days. After washing three times, DMEM serum-free medium was added for
24 h, and supernatants were recovered and centrifuged to obtain macrophage-conditioned medium.
For some experiments, cells were directly used for various analyses. In some experiments, DMSO or
10 μM of ROCK inhibitor Y27632 (Santacruz sc-3536) was added on MPs.

2.5. Myogenic Progenitor Cells (mpc) Culture

Murine WT myoblast progenitor cells (mpcs) were obtained from TA muscle and cultured
in DMEM/F12 (Gibco, Paisley, UK), containing 20% FBS and 2.5 ng/mL of human FGF-basic
(Peptrotech, 100-18B). For the proliferation assay, mpcs were seeded at 10 000 cell/cm2 on Matrigel
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(1/10) and incubated for 1 day with macrophage-conditioned medium + 2.5% FBS. Then, cells were
incubated with the anti-Ki-67 antibody (1/50, BD Biosciences 550609). For differentiation assay, mpcs
were seeded at 30 000 cell/cm2 on Matrigel (diluted 1/10 in DMEM/F12) and incubated for 3 days
with macrophage-conditioned medium containing 2% horse serum. Then, cells were incubated with
a pan-myosin antibody (1:2, Hybridoma).

2.6. Phagocytosis Assay

Mpcs were labelled using the CellVue Claret Far Red kit (Sigma-Alrich MinClaret) by following
the manufacturer’s instructions (Sigma-Aldrich) and treated with staurosporin at 5 μM for 4 h, in order
to induce apoptosis. M1 and M2c polarized MPs were incubated with apoptotic mpcs at a 1:3 ratio for
30 min at 4 ◦C or 6 h or 16 h at 37 ◦C. After three PBS washings, MPs were detached using trypsin
and a cell scraper and cells were labelled with a CD64-APC (BD Pharmingen 558539) and analyzed
by flow cytometry using a FACS Aria III cell sorter (BD Biosciences). The double-positive cells
(CD64+/Far Red+ cells) were phagocytic MPs, whereas the CD64+/Far Red− cells were nonphagocytic
MPs. To exclude MPs that have bound, but not ingested, apoptotic cells, we subtracted the percentage
of double-positive cells observed at 4 ◦C from the value observed at 37 ◦C. In some experiments, MPs
were treated with 1 μg/mL of cytochalasin D (Sigma-Aldrich C8273), 45 min before adding apoptotic
mpcs, and with the added mpcs.

2.7. Lentiviral Transduction

BMDM from WT mice were transduced with a lentivirus carrying a scrambled sequence or
a shNfix [27]. Transduction was performed in suspension (in DMEM 20% FBS), at a MOI of 10 and in
the presence of Polybrene (8 μg/mL, Sigma-Aldrich). After O/N incubation, the medium was changed
and cells were treated with puromycin (2 μg/mL, Sigma-Aldrich).

2.8. RNA Extraction and qRT-PCR

RNA was isolated from the sorted apoptotic mpcs, non-phagocyted and phagocyted MPs, by
using TRIzol Reagent (Invitrogen 15596026, Bleiswijk, Netherlands), according to the manufacturer’s
instructions. RNA was quantified using a NanoPhotoneter (Implen). For retro-transcription,
500 ng of RNA was used with the iScript Reverse Transcription Supermix for RT-quantitative
qPCR (Bio-Rad 1708840). For qRT PCR, cDNA was diluted 1:10, and 5 μL of the diluted cDNA
was loaded in a total volume of 20 μL (SYBR Green Supermix (Bio-Rad 172-5124) and run on
the Bio-RAD CFX Connect Real-Time System. The relative quantification of gene expression was
determined by the comparative CT method, and normalized to Cyclophiline A. Primers used were:
Nfix for CTGGCTTACTTTGTCCACACTC; Nfix rev CCAGCTCTGTCACATTCCAGAC; Myogenin
for CTGGGGACCCCTGAGCATTG; Myogenin rev ATCGCGCTCCTCCTGGTTGA; Cyclo A for
GTGACTTTACACGCCATAATG; Cyclo A rev ACAAGATGCCAGGACCTGTAT.

2.9. Protein Extraction and Western Blot

Protein extracts were obtained from cultured MPs lysed using RIPA buffer (10 mM Tris-HCl
pH 8.0, 1 mM EDTA, 1% Triton-X, 0.1% sodium deoxycholate, 0.1% sodium dodecylsulphate (SDS),
150 mM NaCl, in deionised water), plus protease and phosphatase inhibitors for 30 min on ice. Then,
samples were centrifuged at 11.000× g for 10 min at 4 ◦C, and the supernatants collected for protein
quantification (DC Protein Assays Bio-Rad 5000111). 40 μg protein of each sample were denatured
at 95 ◦C for 5 min using SDS PAGE sample-loading buffer (100 mM Tris pH 6.8, 4% SDS, 0.2%
bromophenol blue, 20% glycerol, 10 mM dithiothreitol) and loaded into 8% SDS acrylamide gels.
After electrophoresis, the protein was blotted into nitrocellulose membranes (Protran nitrocellulose
transfer membrane; Whatman) for 2 h at 70 V at 4 ◦C. Membranes were then blocked for 1 h with
5% milk in Tris-buffered saline, plus 0.02% Tween20 (Sigma-Aldrich). Membranes were incubated
with the primary antibodies O/N at 4 ◦C, using the following antibodies: rabbit anti-Nfix (1:1000,
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Novus Biologicals NBP2-15039), mouse anti-vinculin (1:2500, Sigma-Aldrich V9131), rabbit anti-MYPT1
phosphorylated in Thr696 (1:500, SantaCruz Biotechnology sc-17556-R), and rabbit anti-Tot MYPT1
(1:500; SantaCruz Biotechnology, H-130). After incubation with the primary antibodies, the membranes
were washed 3 times for 5 min and incubated with the secondary antibodies (1:10,000, IgG-HRP,
Bio-Rad) for 45 min at RT, and then washed again 5 times for 5 min. Bands were revealed using ECL
detection reagent (ThermoFisher), with images acquired using the ChemiDoc MP system (Bio-Rad).
The Image Lab software was used to measure and quantify the bands of at least three independent
western blot experiments. The obtained absolute quantity was compared with the reference band
(Vinculin) and expressed in the graphs as normalized volume (Norm. Vol. Int.).

2.10. Image Acquisition and Quantification

Images were acquired with an inverted microscope (Leica-DMI6000B) equipped with Leica
DFC365FX and DFC400 cameras and 20× and 40×magnification objectives. Necrotic myofibers were
defined as pink pale patchy fibers, and phagocyted myofibers were defined as pink pale fibers invaded
by basophilic single cells (MPs). For the quantification of CSA, analyses were done on damaged TA,
which presented at least 75% of injured muscle. At least 8 pictures in different fields were taken and at
least 500 myofibers were analyzed. For each condition of each experiment, at least 8 fields chosen
randomly were counted. The number of labelled MPs or mpcs was calculated using the cell tracker in
ImageJ software and expressed as a percentage of total MPs or mpcs. Fusion index was the number of
nuclei within myotubes divided by the total number of nuclei.

2.11. Statistical Analysis

All data shown in the graph are expressed as mean ± SEM. All experiments were performed
using at least three different cultures or animals in independent experiments. A statistical analysis
was performed using two-tailed unpaired Student’s t-Test, one-way ANOVA or two-way ANOVA.
* p < 0.05; ** p < 0.01; *** p < 0.001; confidence intervals 95%, alpha level 0.05.

3. Results

3.1. Nfix is Expressed by Anti-Inflammatory MPs

To understand if the transcription factor Nfix could be involved in MP function, we first analyzed
Nfix expression in MPs during normal muscle regeneration in WT mice. We induced muscle injury
by cardiotoxin (CTX) injection in the Tibialis Anterior (TA) and looked at the number of MPs (F4/80+

cells) positive for Nfix (Figure 1a). While the number of Nfix-positive MPs was identical between
day two (D2) and day four (D4) after injury, we observed an increase of MPs expressing Nfix at D7
after CTX injection (Figure 1a). During muscle regeneration, two populations of MPs are present in
the damaged tissue. First, the Ly6C+ pro-inflammatory MPs appear and then, they switch into Ly6C−
anti-inflammatory population [3,9,29,34]. Thus, we asked if Nfix could be expressed by one subset
of MPs. We sorted MPs after CTX injury at different time points and looked at Nfix expression by
immunolabelling. We firstly enriched for CD45+ cells (mainly composed of MPs and neutrophils) using
magnetic beads and then we used the known markers CD64 and Ly6C to separate the pro-inflammatory
(CD64+/Ly6C+ cells) to the anti-inflammatory MPs (CD64+/Ly6C− cells) (Figure S1). We observed
that the percentage of pro-inflammatory MPs expressing Nfix does not change over the time of
the regeneration (Figure 1b). On the contrary, the percentage of CD64+/Ly6C− cells positive for Nfix
always increased over time (Figure 1b). We also isolated BMDMs (bone marrow derived MPs) from WT
mice and polarized them in pro- or anti-inflammatory phenotype. We observed that anti-inflammatory
MPs express more Nfix compared to pro-inflammatory MPs (Figure 1c). Therefore, we can conclude
that in both in vitro and in vivo analyses, Nfix is more expressed by anti-inflammatory MPs.
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Figure 1. Nfix is mainly expressed by anti-inflammatory MPs. (a) Percentage of F4/80+ MPs positive
for Nfix in Tibialis Anterior muscles (TA) of WT mice injected by CTX at D2, D4 and D7, post-injury.
Immunostaining for F4/80 (green), Nfix (red) and DAPI (blue) at D4 and D7 after CTX injection;
(b) Percentage of Ly6C+ and Ly6C- sorted MPs positive for Nfix in TA muscles of WT mice injected by
CTX at D2, D4 and D7 post-injury; (c) Percentage of Nfix+ MPs after M1 and M2c polarization (with
IFNγ and IL10, respectively). * p < 0.05; *** p < 0.001; for (b) * p < 0.05 Ly6C+ vs. Ly6C+ at D4 and D7;
# p < 0.05 Ly6C− D7 vs. D2. Results are means ± SEM of at least three independent experiments. Scale
bar = 50 μm.

3.2. Nfix Expression in MPs is Essential for Muscle Regeneration

We previously demonstrated that Nfix is necessary for the correct differentiation of SCs and,
as a consequence, muscle regeneration [27]. In order to understand whether Nfix expression by
anti-inflammatory MPs is required for this process, we generated the LysMCRE:Nfixfl/fl mice to obtain
an animal model deleted for Nfix only in the myeloid line. Once the proper deletion of Nfix in BMDM
and CD45+ infiltrated cells two days after muscle injury was verified (Figure S2a), we evaluated
the overall phenotype of this new animal model, with particular interest in skeletal muscle morphology
at one and two months of life (Figure S2b). No differences were observed between the Nfixfl/fl control
and the LysMCRE:Nfixfl/fl mice model in terms of general mouse growth, TA/mouse weight and myofiber
size (CSA: Cross Sectional Area) (Figure S2b,c). Additionally, we did not observe significant differences
in the number of resident MPs expressing Nfix between the Nfixfl/fl and the LysMCRE: Nfixfl/fl mice
(Figure S2d,e). Therefore, the specific deletion of Nfix in MPs in the LysMCRE: Nfixfl/fl mice does not
influence the general development of the mice. Notably, in the LysMCRE: Nfixfl/fl animals resident
MPs expressed Nfix similarly to control mice, meaning that the expression of LysM is not required for
the establishment of resident MPs.

We then induced muscle injury in control and LysMCRE: Nfixfl/fl mice by CTX injection in TA
and we quantified the number of necrotic, phagocyted and regenerating myofibers (Figure 2a,b).
Two days after injury, all the myofibers of Nfixfl/fl and LysMCRE: Nfixfl/fl mice were in necrosis
or phagocyted (Figure 2b). At D4 in the control mice, some necrotic and phagocyted myofibers
were present, but already 60% of the fibers were centronucleated (Figure 2b). On the contrary, in
the LysMCRE:Nfixfl/fl mice, we observed a significant decrease in the percentage of centronucleated
myofibers (−31%) (Figure 2b). While at D7, almost all myofibers were in regeneration in the control
mice, the LysMCRE:Nfixfl/fl mice still exhibited an increase of the percentage of necrotic and phagocyted
myofibers and a decrease of centronucleated myofibers (+282%, +150% and −30% respectively),
suggesting a delay in the process of muscle regeneration in the absence of Nfix (Figure 2b). We also
quantified the CSA of myofibers at D14 and D28 after CTX injury and, in both cases, we observed
a decrease of the caliber of myofibers in the LysMCRE:Nfixfl/fl compared to the Nfixfl/fl mice, due to
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a decrease of the number of big myofibers and an increase of small myofibers (Figure S3a and Figure 2c).
These results demonstrated that the expression of Nfix by MPs is necessary for the proper process of
muscle regeneration upon acute injury.

Figure 2. Lack of Nfix in MPs induces a delay of skeletal muscle regeneration. (a) Hematoxylin-eosin
staining of Nfixfl/fl and LysMCRE:Nfixfl/fl TA muscles injected by CTX at D2, D4, D7 postinjury;
(b) Quantification of necrotic (asterisk), phagocyted (arrowhead) and centrally-nucleated (arrow)
myofibers, expressed as percentage out of total myofibers; (c) Hematoxylin-eosin staining of Nfixfl/fl
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and LysMCRE:Nfixfl/fl TA muscles injected by CTX at D14 and D28 postinjury and repartition in
percentage of the cross-sectional area (CSA). * p < 0.05, ** p < 0.01, *** p < 0.001. Results are means ±
SEM of at least three independent experiments. Scale bar = 100 μm.

3.3. Nfix is Required for MP Phenotypical Switch In Vivo and In Vitro

Defects of muscle regeneration due to MP dysfunction are usually linked to a defect of phenotype
acquisition [8,9,35,36]. Thus, we looked at the switch from pro- to anti-inflammatory phenotype after
CTX injury at different time points by FACS (Figure 3a). First, we did not observe any differences in
neutrophils and MPs infiltration between the two mouse models at all time points analyzed (Figure S3b).
At two days after injury, a majority of Ly6C+ pro-inflammatory MPs was observed in the control Nfixfl/fl

mice (Figure 3b). Then, at D4 and D7, the ratio between Ly6C+/Ly6C− MPs decreased due to the switch
from pro- to anti-inflammatory phenotype (Figure 3b). Interestingly, the ratio between Ly6C+/Ly6C−
in the LysMCRE:Nfixfl/fl mice was always higher compared to the Nfixfl/fl control, meaning that Nfix is
necessary for the switch from the pro- to anti-inflammatory phenotype (Figure 3b).

We also silenced Nfix in WT BMDM (Bone Marrow Derived MPs) by using a lentiviral
vector carrying a small hairpin RNA targeting Nfix (shNfix), or a scrambled sequence as a control
(shScramble) [27]. The decrease of Nfix expression in shNfix infected MPs was confirmed by qRT-PCR
(Figure S3c). We polarized transduced MPs in pro-inflammatory (M1) and anti-inflammatory (M2c)
phenotype (with IFN-γ and IL-10, respectively), and we looked at the expression of several pro-
and anti-inflammatory markers by immunofluorescence. As expected, M1 shScramble MPs expressed
significantly more TNFα, iNOS and CCl3 pro-inflammatory markers than M2c shScramble MPs
(Figure 3c). Conversely, M2c shScramble MPs expressed more ArgI, TGFβ, CD163 and CD206
anti-inflammatory markers than M1 shScramble MPs (Figure 3c). Interestingly, in the absence of Nfix
we observed an increase of pro-inflammatory markers (except for CCl3) in MPs polarized to M2c
phenotype (Figure 3c). We also observed a decrease of MPs positive for anti-inflammatory markers
in the polarized M2c MPs lacking Nfix (Figure 3b). These results clearly show that Nfix is necessary
for the proper adoption of an anti-inflammatory phenotype and that, without Nfix, MPs remain in
a pro-inflammatory status.

3.4. Nfix is Required for Macrophage Function on Mpcs In Vivo and In Vitro

Since depending on their phenotype MPs act differentially on WT myogenic progenitor cells
(mpcs), we set experiments of conditioned medium (CM) coming from pro- or anti-inflammatory
MPs [37]. We added CM coming from BMDM derived from Nfixfl/fl and LysMCRE:Nfixfl/fl mice on
proliferating or differentiating mpcs. We looked at mpc proliferation by mean of Ki67 staining and at
their differentiation by the quantification of the fusion index. As expected, CM coming from M1 Nfixfl/fl

MPs stimulated the proliferation of mpcs, while M2c CM had no effect (Figure 4a and Figure S4a).
Similarly, CM coming from M1 LysMCRE:Nfixfl/fl MPs stimulated at the same extent the proliferation
of mpcs (Figure 4a and Figure S4a). Interestingly, CM from M2c LysMCRE:Nfixfl/fl MPs stimulated
the proliferation of mpcs as M1 CM does (Figure 4a and Figure S4b), whereas CM coming from
both Nfixfl/fl and LysMCRE:Nfixfl/fl M1 MPs had no effect on the fusion index of mpcs (Figure 4b
and Figure S4b). While M2c Nfixfl/fl MPs CM increased the fusion of mpcs compared to M1 Nfixfl/fl

CM, the CM from M2c LysMCRE:Nfixfl/fl MPs lost its pro-fusion effect (Figure 4b and Figure S4b
). We also investigated if the lack of Nfix in MPs affects myogenic cells in vivo. To quantify mpcs
proliferation, we injured, using CTX, the TA of both Nfixfl/fl and LysMCRE:Nfixfl/fl mice and we injected
EdU 12 h before sacrifice. The proliferation of SCs (EdU+/Pax7+ cells) was identical between the two
models at all the time points analyzed (Figure S4c). On the contrary, the percentage of EdU+/MyoD+

cells at D2 and D4 was higher in the LysMCRE:Nfixfl/fl mice compared to Nfixfl/fl mice (Figure 4c).
To quantify the number of newly formed myofibers, we performed an immunofluorescence for eMyHC
(embryonic Myosin Heavy Chain) on both injured mouse models (Figure 4d). At D4, the percentage of
myofibers positive for eMyHC was around 80%, meaning that almost all myofibers were formed de

306



Cells 2020, 9, 708

novo (Figure 4d). At D7, 20% of the Nfixfl/fl myofibers were positive for the eMyHC and only 6.5%
at D14 (Figure 4d). On the contrary, at D7 and D14 we observed an increase in the number of eMyHC+

myofibers in the LysMCRE:Nfixfl/fl mice (34.7% and 15.8% respectively) (Figure 4d). To conclude, Nfix
is necessary to MPs to adopt an anti-inflammatory phenotype and, consequently, function. The defect
of the phenotypical switch due to the absence of Nfix results in a persistence of pro-inflammatory
MPs in the injured muscle, leading to a continuous proliferation of MyoD+ cells. The absence
of anti-inflammatory MPs induces a delay in the differentiation of new myofibers and, therefore,
in the proper muscle regeneration.

Figure 3. MPs lacking Nfix are unable to adopt an anti-inflammatory phenotype in vivo and in vitro.
(a) Representative FACS (Fluorescence-Activated Cell Sorting) gate of pro- and anti-inflammatory
CD64+ MP populations in TA of Nfixfl/fl and LysMCRE:Nfixfl/fl mice at D2 after CTX injection.
(CD64+/Ly6C+ and CD64+/Ly6C− respectively); (b) Ratio of Ly6C+/Ly6C− MPs sorted from TA of
Nfixfl/fl and LysMCRE:Nfixfl/fl mice at D2, D4 and D7, after CTX injection; (c) WT BMDM (Bone Marrow
Derived Macrophages) were transduced by shScramble and shNfix lentiviral vectors and then polarized
into M1 and M2c MPs with IFNγ and IL10 treatment, respectively. MPs were immunolabeled for
pro-inflammatory markers (TNFα, iNOS and CCl3) and anti-inflammatory markers (ArgI, TGFβ,
CD163 and CD206). The number of positive cells is expressed as percentage out of total cells. * p < 0.05;
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** p < 0.01; *** p < 0.001 vs. shScramble M1 MPs. # p < 0.05, ## p < 0.01, ### p < 0.001 vs. shScramble
M2c MPs. Results are means ± SEM of at least three independent experiments.

Figure 4. M2 MPs lacking Nfix display M1 MP features on myoblasts in vitro and in vivo.
(a) Conditioned medium of M1 or M2c polarized Nfixfl/fl and LysMCRE:Nfixfl/fl BMDM was added on
mpcs, and after 24 h, mpc proliferation was measured as a percentage of Ki67+ cells; (b) Conditioned
medium of M1 or M2c polarized Nfixfl/fl and LysMCRE:Nfixfl/fl BMDM was added on mpcs and after
72 h, mpcs fusion index was calculated after sarcomeric MyHC staining (% of MyHC+nuclei into
myotubes out of the total nuclei). * p < 0.05, ** p < 0.01 vs. mpcs. # p < 0.05, ## p < 0.01 versus
M1 Nfixfl/fl. $ p < 0.05 versus same Nfixfl/fl polarization; (c) Immunostaining for EdU (red), MyoD
(green) and Hoechst (blue) of Nfixfl/fl and LysMCRE:Nfixfl/fl TA injected by CTX, at D2, D4 and D7
post-injury and quantification of EdU+/MyoD+ cells. EdU was injected in Nfixfl/fl and LysMCRE:Nfixfl/fl

mice 8 h before sacrifice; (d) Immunostaining for Lam (red), eMyHC (green) and Hoechst (blue) of
Nfixfl/fl and LysMCRE:Nfixfl/fl TA injected by CTX, at D4, D7 and D14 post-injury and quantification of
eMyHC+/centrally-nucleated myofibers. * p < 0.05, ** p < 0.01 Results are means ± SEM of at least three
independent experiments. Scale bar = 50 μm.
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3.5. Phagocytosis Induces the Expression of Nfix

It has been shown in literature that the phagocytosis of apoptotic cells is the process driving
the switch from pro- to anti-inflammatory phenotype, and several studies have demonstrated that
MPs presenting a switch defect have a decrease of phagocytic capacity [8,9,35,38]. So, we decided
to investigate whether the phagocytosis is altered in LysMCRE:Nfixfl/fl MPs compared to Nfixfl/fl

MPs. Primary mpcs previously labelled with CellVue-647 were induced to apoptosis and added on
Nfixfl/fl or LysMCRE:Nfixfl/fl MPs. After 6 h in culture, we used a CD64 antibody to discriminate MPs
from mpcs: apoptotic mpcs are CellVue-647+/CD64-, non-phagocytic MPs are CellVue-647−/CD64+

and phagocytic MPs are CellVue-647+/CD64+ (Figure S5a). Surprisingly, we did not observe any
difference in the phagocytic capacity of Nfixfl/fl and LysMCRE:Nfixfl/fl MPs (Figure 5a). Interestingly,
while Nfixfl/fl MPs in contact with apoptotic mpcs adopted an anti-inflammatory phenotype (Figure S5b),
LysMCRE:Nfixfl/fl MPs failed to switch from a pro- to anti-inflammatory phenotype (Figure S5c). Thus,
we hypothesized that phagocytosis could induce Nfix expression. To answer to this question, we did
the same experiment of phagocytosis using WT MPs and we sorted MPs according to their phagocytic
capability (phagocytic and non-phagocytic WT MPs, respectively) (Figure 5b). To verify that no
mpcs were sorted with MPs, we first analyzed the expression of myogenin in apoptotic mpcs and in
both non-phagocytic and phagocytic MPs. Apoptotic mpcs highly expressed myogenin compared
to non-phagocytic and phagocytic MPs and no differences in myogenin expression was observed
between the two populations of MPs (Figure S5d). Interestingly, we observed an increase of Nfix
expression and MPs positive for Nfix in phagocytic MPs compared to the non-phagocytic ones
(Figure 5b). On the contrary, treatment of MPs with cytochalasin D (an inhibitor of phagocytosis)
prevents the increase of Nfix positive MPs (Figure 5c and Figure S5e).

We recently demonstrated that the inhibition of the RhoA-ROCK1 pathway induces Nfix expression
in fetal myoblasts and numerous studies have shown that the inhibition of RhoA-ROCK1 increases
the phagocytosis, while its stimulation prevents phagocytosis [39–43]. Thus, we treated WT MPs
with Y27632, an inhibitor of ROCK1, and after 1 h of treatment, the phosphorylation of ROCK1-target
Mypt decreased, meaning that the inhibition of RhoA-ROCK1 pathway was effective (Figure S5e).
After 16 h of treatment, Y27632-treated WT MPs exhibited an increase of Nfix protein (Figure 5d);
most importantly, this increase led to a reduction of pro-inflammatory markers and an increase of
anti-inflammatory markers (Figure 5e). On the contrary, this switch through an anti-inflammation
phenotype did not occur in LysMCRE:Nfixfl/fl MPs treated with Y27632 (Figure 5f). These results show
that RhoA-ROCK-dependent phagocytosis induces the expression of Nfix, which in turn is necessary
to promote the phenotypical switch of MPs from pro- to anti-inflammatory.

Figure 5. Cont.
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Figure 5. Nfix is expressed after phagocytosis and drive MP phenotypical switch. (a) Phagocytosis assay
of M1 and M2c Nfixfl/fl and LysMCRE:Nfixfl/fl MPs cocultured 8h with apoptotic mpc. Representative
FACS gate of phagocytotic M2c Nfixfl/fl and LysMCRE:Nfixfl/fl MPs (CD64+CellVue+) and percentage of
phagocytotic M1 and M2c MPs coming from Nfixfl/fl and LysMCRE:Nfixfl/fl BMDM; (b) WT MPs were
cocultured 16h with apoptotic mpcs. Representative FACS gate of non-phagocytotic (CD64+CellVue−)
and phagocytotic (CD64+CellVue+) WT MPs. Quantification of Nfix expression realized by RT-qPCR
on sorted non-phagocytotic and phagocytotic WT MPs and quantification of MPs positive for Nfix
(Nfix+/F4/80+) realized by IF on non-phagocytotic and phagocytotic WT MPs; (c) WT MPs were
cocultured for 16 h with apoptotic mpcs, with or without addition of Cytochalasin D. Quantification of
F4/80+ MPs were positive for Nfix on a total of F4/80+ MPs; (d) Western blot of Nfix expression in WT
MPs treated with DMSO (Dimethyl sulfoxide) or Y27632 for 16 h and quantification. Vinculin was
used to normalize; (e) WT MPs were treated with DMSO or Y27632 for 16 h and were immunolabeled
for pro-inflammatory markers (iNOS and TNFα) and anti-inflammatory markers (TGFβ and CD163).
The number of positive cells is expressed as percentage out of total cells; (f) LysMCRE:Nfixfl/fl MPs
were treated with DMSO or Y27632 for 16 h and were immunolabeled for pro-inflammatory markers
(iNOS and TNFα) and anti-inflammatory markers (TGFβ and CD163). The number of positive cells is
expressed as percentage out of total cells. * p < 0.05, *** p < 0.001. Results are means ± SEM of at least
three independent experiments.

4. Discussion

Skeletal muscle regeneration requires specific temporal steps for the efficacious tissue
reconstruction and MPs are the immune cells that are necessary to this process [3,29]. Previous
work from our group demonstrated that Nfix null mice exhibit a delay of muscle regeneration, due to
a defect of SC differentiation [27]. In this study, we show that the transcription factor Nfix is also
expressed by MPs and that mice lacking Nfix in the myeloid lineage have defects in muscle regeneration
upon acute injury. We observed that Nfix is preferentially expressed by anti-Ly6C− MPs and that
its expression increases in time with the progression of the regenerative process. Using an shNfix
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strategy, we observed that M2c MPs silenced for Nfix express higher levels of pro-inflammatory
markers (TNFα and Cox2), while they express lower levels of anti-inflammatory markers (CD163,
CD206, ArgI and TGFβ) than polarized M2c control MPs. Importantly, we observed in vitro that
LysMCRE:Nfixfl/fl M2c MPs act as M1 MPs on myogenic cells: they stimulate myogenic proliferation
and are unable to sustain myogenic differentiation. These two features also occur in vivo since without
Nfix, MPs exhibit a defect of phenotypical switch from pro-Ly6C+ to anti-Ly6C− MPs, and within
the injured muscle, there is a persistence of myoblast (MyoD+ cells) proliferation and a delay of
newly formed myofibers (eMyHC+ myofibers). Previous studies showed that the temporal window of
the phenotype skewing is a critical step of an effective regeneration. The switch defect [8,35,36] or early
appearance of anti-inflammatory MPs impairs muscle regeneration [9]. In line with this evidence,
the impairment in the acquisition of an anti-inflammatory phenotype in MPs lacking Nfix leads to
a muscle regenerative delay.

So far, the function of Nfix was mainly analyzed in myogenic and neural cells during both
development and adult life [25,27,44–46]. Recently, Nfix was also shown to play a positive role in
the survival of hematopoietic stem and progenitor cells (HSPC) [47], but also to be involved in the fate
decision between early B lymphopoiesis and myelopoiesis from blood HSPC [48]. During development,
yolk sac gives rise to tissue resident MPs and fetal liver to HSPC, from which blood monocytes
and damaged-infiltrating MPs are derived [49]. In our experiments, no differences in the number of
infiltrating MPs between control and LysMCRE:Nfixfl/fl mice were observed, meaning that the delay
observed is due to a defect of macrophage features within the damaged muscle, but not in terms of
failed HSPC development.

Little is known about Nfix up-stream regulation, but recently our laboratory identified ERK
and RhoA-ROCK1 pathways as, respectively, positive and negative regulators of Nfix expression in
pre-natal muscle development. The inhibition of RhoA-ROCK1 induces Nfix expression, promoting
myoblasts fusion which is a reflect of myogenesis progression [39]. In MPs, the inhibition of
the RhoA-ROCK1 pathway increases the clearance of dead cell phagocytosis, while the constitutive
activation of RhoA reduces their phagocytic capacity [40,41]. Importantly, phagocytosis is the process
responsible for the induction of the pro- to anti-phenotypical switch in MPs. While numerous
studies investigated the mechanisms involved in the progression or inhibition of phagocytosis,
how apoptotic cells attract MPs and how MPs recognize them is still unknown [10,14,15,50,51].
In our study, phagocytosis of LysMCRE:Nfixfl/fl MPs was not impaired compared to control cells.
We observed that upon phagocytosis, MPs exhibit an increase in Nfix expression and, conversely,
the inhibition of phagocytosis, by using the inhibitor of actin polymerization cytochalasin D, prevents
Nfix expression. The stimulation of phagocytosis using the ROCK1 inhibitor Y27632 increases Nfix
protein, therefore decreasing pro-inflammatory markers and increasing anti-inflammatory markers in
WT MPs. On the contrary, either after phagocytosis or after ROCK1 inhibitor treatment, we observed
that MPs lacking Nfix do not have a decrease of pro-inflammatory markers and an increase of
anti-inflammatory markers. Thus, the inhibition of the RhoA-ROCK1 pathway induces phagocytosis,
leading to Nfix expression that, in turn, drives the MP phenotypical switch.

This study is particularly relevant in light of the recent role for Nfix in muscular dystrophies
(MDs)[28]. We indeed demonstrated that the lack of Nfix in two different dystrophic animal models
improves both morphological and functional parameters associated to the disease, by promoting a more
oxidative musculature and by slowing down muscle regeneration [28]. Different studies have shown
that the improvement of dystrophies correlates with a decrease of MPs infiltration [30,32]. While MPs
are necessary for muscle regeneration upon acute injury, they are deleterious in the case of chronic
injury. Indeed, in muscle myopathies, as in several chronic injured pathologies, MPs are at the origin of
fibrosis [4,32,52,53]. In the context of acute injury regeneration, pro-inflammatory MPs secrete TNFα
that stimulates myoblast proliferation and fibroblast apoptosis, whereas anti-inflammatory MPs secrete
TGFβ that promotes myoblast fusion, but also fibroblast proliferation [29,54]. In muscular dystrophies,
numerous studies demonstrated that the fibrosis establishment is linked to an over-activation of
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the TGFβ pathway that stimulates collagen expression by fibroblasts, and in a dystrophic context, more
than 75% of MPs express TGFβ [54–62]. Thus, in muscle tissue, MPs closely interact with fibroblasts,
promoting normal matrix reformation upon acute injury and fibrosis in chronic injury. With this study,
we identified Nfix as a new actor of MPs, demonstrating that Nfix is the link between phagocytosis
and the phenotypical switch, a necessary step for the resolution of inflammation and tissue repair.
Increasing knowledge about signals and factors controlling MP phenotype and, consequently, functions,
will help us to understand and control their function in fibrotic pathologies.
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Proliferation of Pax7+ cells after CTX injury. Figure S5: Phagocytosis strategy, inhibition and stimulation.

Author Contributions: Conceptualization, M.S. and G.M.; methodology, M.S., M.L., C.B. and S.A.; validation,
M.S., M.L., C.B. and S.A.; formal analysis, M.S.; investigation, M.S., M.L., C.B, G.R. and S.A.; resources, G.M.; data
curation, M.S.; writing—original draft preparation, M.S.; writing—review and editing, G.M.; visualization, M.S.;
supervision, G.M.; project administration, G.M.; funding acquisition, G.M. All authors have read and agreed to
the published version of the manuscript.

Funding: This research was funded by the European Community, ERCStG2011 (RegeneratioNfix 280611)
and the Association Française contre les Myopathies AFM-Telethon (Grant number 20002).

Acknowledgments: We thank Richard Gronostajski for the kind exchange of information and animal models.
We are also grateful to Bénédicte Chazaud and Rémi Mounier for helpful discussions and the exchange of
animal models.

Conflicts of Interest: The authors declare no conflict of interest.

References

1. Duffield, J.S.; Forbes, S.J.; Constandinou, C.M.; Clay, S.; Partolina, M.; Vuthoori, S.; Wu, S.; Lang, R.; Iredale, J.P.
Selective depletion of macrophages reveals distinct, opposing roles during liver injury and repair. J. Clin.
Invest. 2005, 115, 56–65. [CrossRef] [PubMed]

2. Shechter, R.; Miller, O.; Yovel, G.; Rosenzweig, N.; London, A.; Ruckh, J.; Kim, K.W.; Klein, E.; Kalchenko, V.;
Bendel, P.; et al. Recruitment of Beneficial M2 Macrophages to Injured Spinal Cord Is Orchestrated by Remote
Brain Choroid Plexus. Immunity 2013, 38, 555–569. [CrossRef] [PubMed]

3. Arnold, L.; Henry, A.; Poron, F.; Baba-Amer, Y.; Van Rooijen, N.; Plonquet, A.; Gherardi, R.K.; Chazaud, B.
Inflammatory monocytes recruited after skeletal muscle injury switch into antiinflammatory macrophages to
support myogenesis. J. Exp. Med. 2007, 204, 1057–1069. [CrossRef] [PubMed]

4. Wynn, T.A.; Vannella, K.M. Macrophages in Tissue Repair, Regeneration, and Fibrosis. Immunity 2016,
44, 450–462. [CrossRef]

5. Vannella, K.M.; Wynn, T.A. Mechanisms of Organ Injury and Repair by Macrophages. Annu. Rev. Physiol.
2017, 79, 593–617. [CrossRef]

6. Chazaud, B. Macrophages: Supportive cells for tissue repair and regeneration. Immunobiology 2014,
219 172–178. [CrossRef]

7. Saclier, M.; Cuvellier, S.; Magnan, M.; Mounier, R.; Chazaud, B. Monocyte/macrophage interactions with
myogenic precursor cells during skeletal muscle regeneration. FEBS J. 2013, 280, 4118–4130. [CrossRef]

8. Mounier, R.; Théret, M.; Arnold, L.; Cuvellier, S.; Bultot, L.; Göransson, O.; Sanz, N.; Ferry, A.; Sakamoto, K.;
Foretz, M.; et al. AMPKα1 regulates macrophage skewing at the time of resolution of inflammation during
skeletal muscle regeneration. Cell Metab. 2013, 18, 251–264. [CrossRef]

9. Perdiguero, E.; Sousa-Victor, P.; Ruiz-Bonilla, V.; Jardí, M.; Caelles, C.; Serrano, A.L.; Muñoz-Cánoves, P.
p38/MKP-1-regulated AKT coordinates macrophage transitions and resolution of inflammation during tissue
repair. J. Cell Biol. 2011, 195, 307–322. [CrossRef]

10. Lemke, G. How macrophages deal with death. Nat. Rev. Immunol. 2019, 19, 539–549. [CrossRef]
11. Elliott, M.R.; Ravichandran, K.S. The Dynamics of Apoptotic Cell Clearance. Dev. Cell 2016, 38, 147–160.

[CrossRef] [PubMed]

312



Cells 2020, 9, 708

12. Xiao, Y.Q.; Freire-de-Lima, C.G.; Schiemann, W.P.; Bratton, D.L.; Vandivier, R.W.; Henson, P.M. Transcriptional
and Translational Regulation of TGF-β Production in Response to Apoptotic Cells. J. Immunol. 2008,
181, 3575–3585. [CrossRef] [PubMed]

13. Johann, A.M.; Barra, V.; Kuhn, A.M.; Weigert, A.; Von Knethen, A.; Brüne, B. Apoptotic cells induce arginase
II in macrophages, thereby attenuating NO production. FASEB J. 2007, 21, 2704–2712. [CrossRef] [PubMed]

14. Hochreiter-Hufford, A.; Ravichandran, K.S. Clearing the dead: Apoptotic cell sensing, recognition,
engulfment, and digestion. Cold Spring Harb. Perspect. Biol. 2013, 5. [CrossRef]

15. Freeman, S.A.; Grinstein, S. Phagocytosis: Receptors, signal integration, and the cytoskeleton. Immunol. Rev.
2014, 262, 193–215. [CrossRef]

16. Tidball, J.G.; Wehling-Henricks, M. Damage and inflammation in muscular dystrophy: Potential implications
and relationships with autoimmune myositis. Curr. Opin. Rheumatol. 2005, 17, 707–713. [CrossRef]

17. Dort, J.; Fabre, P.; Molina, T.; Dumont, N.A. Macrophages Are Key Regulators of Stem Cells during Skeletal
Muscle Regeneration and Diseases. Stem Cells Int. 2019, 2019. [CrossRef]

18. Farup, J.; Madaro, L.; Puri, P.L.; Mikkelsen, U.R. Interactions between muscle stem cells, mesenchymal-derived
cells and immune cells in muscle homeostasis, regeneration and disease. Cell Death Dis. 2015, 6, e1830.
[CrossRef]

19. Chazaud, B.; Brigitte, M.; Yacoub-Youssef, H.; Arnold, L.; Gherardi, R.; Sonnet, C.; Lafuste, P.; Chretien, F.
Dual and beneficial roles of macrophages during skeletal muscle regeneration. Exerc. Sport Sci. Rev. 2009,
37, 18–22. [CrossRef]

20. Rigamonti, E.; Zordan, P.; Sciorati, C.; Rovere-Querini, P.; Brunelli, S. Macrophage plasticity in skeletal
muscle repair. Biomed Res. Int. 2014, 2014. [CrossRef]

21. Biressi, S.; Molinaro, M.; Cossu, G. Cellular heterogeneity during vertebrate skeletal muscle development.
Dev. Biol. 2007, 308, 281–293. [CrossRef] [PubMed]

22. Mauro, A. Satellite Cell of Skeletal Muscle Fibers. J. Biophys Biochem Cytol 1961, 9, 493–498. [CrossRef]
[PubMed]

23. Dumont, N.A.; Bentzinger, C.F.; Sincennes, M.C.; Rudnicki, M.A. Satellite cells and skeletal muscle
regeneration. Compr. Physiol. 2015, 5, 1027–1059. [PubMed]

24. Gronostajski, R.M. Roles of the NFI/CTF gene family in transcription and development. Gene 2000, 249, 31–45.
[CrossRef]

25. Messina, G.; Biressi, S.; Monteverde, S.; Magli, A.; Cassano, M.; Perani, L.; Roncaglia, E.; Tagliafico, E.;
Starnes, L.; Campbell, C.E.; et al. Nfix Regulates Fetal-Specific Transcription in Developing Skeletal Muscle.
Cell 2010, 140, 554–566. [CrossRef] [PubMed]

26. Pistocchi, A.; Gaudenzi, G.; Foglia, E.; Monteverde, S.; Moreno-Fortuny, A.; Pianca, A.; Cossu, G.; Cotelli, F.;
Messina, G. Conserved and divergent functions of Nfix in skeletal muscle development during vertebrate
evolution. Development 2013, 140, 2443. [CrossRef]

27. Rossi, G.; Antonini, S.; Bonfanti, C.; Monteverde, S.; Vezzali, C.; Tajbakhsh, S.; Cossu, G.; Messina, G. Nfix
Regulates Temporal Progression of Muscle Regeneration through Modulation of Myostatin Expression.
Cell Rep. 2016, 14, 2238–2249. [CrossRef]

28. Rossi, G.; Bonfanti, C.; Antonini, S.; Bastoni, M.; Monteverde, S.; Innocenzi, A.; Saclier, M.; Taglietti, V.;
Messina, G. Silencing Nfix rescues muscular dystrophy by delaying muscle regeneration. Nat. Commun.
2017, 8. [CrossRef]

29. Saclier, M.; Yacoub-Youssef, H.; Mackey, A.L.; Arnold, L.; Ardjoune, H.; Magnan, M.; Sailhan, F.; Chelly, J.;
Pavlath, G.K.; Mounier, R.; et al. Differentially activated macrophages orchestrate myogenic precursor cell
fate during human skeletal muscle regeneration. Stem Cells 2013, 31, 384–396. [CrossRef]

30. Wehling, M.; Spencer, M.J.; Tidball, J.G. A nitric oxide synthase transgene ameliorates muscular dystrophy in
mdx mice. J. Cell Biol. 2001, 155, 123–131. [CrossRef]

31. Kharraz, Y.; Guerra, J.; Mann, C.J.; Serrano, A.L.; Muñoz-Cánoves, P. Macrophage plasticity and the role of
inflammation in skeletal muscle repair. Mediators Inflamm. 2013, 2013. [CrossRef] [PubMed]

32. Muñoz-Cánoves, P.; Serrano, A.L. Macrophages decide between regeneration and fibrosis in muscle. Trends
Endocrinol. Metab. 2015, 26, 449–450. [CrossRef] [PubMed]

33. Campbell, C.E.; Piper, M.; Plachez, C.; Yeh, Y.-T.; Baizer, J.S.; Osinski, J.M.; Litwack, E.D.; Richards, L.J.;
Gronostajski, R.M. The transcription factor Nfix is essential for normal brain development. BMC Dev. Biol.
2008, 8, 52. [CrossRef] [PubMed]

313



Cells 2020, 9, 708

34. Varga, T.; Mounier, R.; Horvath, A.; Cuvellier, S.; Dumont, F.; Poliska, S.; Ardjoune, H.; Juban, G.; Nagy, L.;
Chazaud, B. Highly Dynamic Transcriptional Signature of Distinct Macrophage Subsets during Sterile
Inflammation, Resolution, and Tissue Repair. J. Immunol. 2016, 196, 4771–4782. [CrossRef] [PubMed]

35. Ruffell, D.; Mourkioti, F.; Gambardella, A.; Kirstetter, P.; Lopez, R.G.; Rosenthal, N.; Nerlov, C.
A CREB-C/EBPbeta cascade induces M2 macrophage-specific gene expression and promotes muscle injury
repair. Proc. Natl. Acad. Sci. USA 2009, 106, 17475–17480. [CrossRef] [PubMed]

36. Nie, M.; Liu, J.; Yang, Q.; Seok, H.Y.; Hu, X.; Deng, Z.-L.; Wang, D.-Z. MicroRNA-155 facilitates skeletal
muscle regeneration by balancing pro- and anti-inflammatory macrophages. Cell Death Dis. 2016, 7, e2261.
[CrossRef]

37. Saclier, M.; Theret, M.; Mounier, R.; Chazaud, B. Effects of macrophage conditioned-medium on murine
and human muscle cells: Analysis of proliferation, differentiation, and fusion. Proc. Natl. Acad. Sci. USA
2009, 106, 17475–17480.

38. Arnold, L.; Perrin, H.; de Chanville, C.B.; Saclier, M.; Hermand, P.; Poupel, L.; Guyon, E.; Licata, F.;
Carpentier, W.; Vilar, J.; et al. CX3CR1 deficiency promotes muscle repair and regeneration by enhancing
macrophage ApoE production. Nat. Commun. 2015, 6, 8972. [CrossRef]

39. Taglietti, V.; Angelini, G.; Mura, G.; Bonfanti, C.; Caruso, E.; Monteverde, S.; Le Carrou, G.; Tajbakhsh, S.;
Relaix, F.; Messina, G. RhoA and ERK signalling regulate the expression of the transcription factor Nfix in
myogenic cells. Development 2018, 145. [CrossRef]

40. Bros, M.; Haas, K.; Moll, L. Grabbe RhoA as a Key Regulator of Innate and Adaptive Immunity. Cells 2019,
8, 733. [CrossRef]

41. Nakaya, M.; Tanaka, M.; Okabe, Y.; Hanayama, R.; Nagata, S. Opposite effects of Rho family GTPases on
engulfment of apoptotic cells by macrophages. J. Biol. Chem. 2006, 281, 8836–8842. [CrossRef] [PubMed]

42. Königs, V.; Jennings, R.; Vogl, T.; Horsthemke, M.; Bachg, A.C.; Xu, Y.; Grobe, K.; Brakebusch, C.;
Schwab, A.; Bähler, M.; et al. Mouse Macrophages completely lacking Rho subfamily GTPases (RhoA,
RhoB, and RhoC) have severe lamellipodial retraction defects, but robust chemotactic navigation and altered
motility. J. Biol. Chem. 2014, 289, 30772–30784. [CrossRef] [PubMed]

43. Kim, S.Y.; Kim, S.; Bae, D.J.; Park, S.Y.; Lee, G.Y.; Park, G.M.; Kim, I.S. Coordinated balance of Rac1 and RhoA
plays key roles in determining phagocytic appetite. PLoS ONE 2017, 12. [CrossRef] [PubMed]

44. Harris, L.; Zalucki, O.; Gobius, I.; McDonald, H.; Osinki, J.; Harvey, T.J.; Essebier, A.; Vidovic, D.;
Gladwyn-Ng, I.; Burne, T.H.; et al. Transcriptional regulation of intermediate progenitor cell generation
during hippocampal development. Development 2016, 143, 4620–4630. [CrossRef]

45. Harris, L.; Dixon, C.; Cato, K.; Heng, Y.H.E.; Kurniawan, N.D.; Ullmann, J.F.P.; Janke, A.L.; Gronostajski, R.M.;
Richards, L.J.; Burne, T.H.J.; et al. Heterozygosity for Nuclear Factor One X Affects Hippocampal-Dependent
Behaviour in Mice. PLoS ONE 2013, 8. [CrossRef]

46. Fraser, J.; Essebier, A.; Gronostajski, R.M.; Boden, M.; Wainwright, B.J.; Harvey, T.J.; Piper, M. Cell-type-specific
expression of NFIX in the developing and adult cerebellum. Brain Struct. Funct. 2017, 222, 2251–2270.
[CrossRef]

47. Holmfeldt, P.; Pardieck, J.; Saulsberry, A.C.; Nandakumar, S.K.; Finkelstein, D.; Gray, J.T.; Persons, D.A.;
Mckinney-freeman, S. Nfix is a novel regulator of murine hematopoietic stem and progenitor cell survival.
Blood 2015, 122, 2987–2997. [CrossRef]

48. O’Connor, C.; Campos, J.; Osinski, J.M.; Gronostajski, R.M.; Michie, A.M.; Keeshan, K. Nfix expression
critically modulates early B lymphopoiesis and myelopoiesis. PLoS ONE 2015, 10, 1–15. [CrossRef]

49. Gomez Perdiguero, E.; Klapproth, K.; Schulz, C.; Busch, K.; de Bruijn, M.; Rodewald, H.R.; Geissmann, F.
The Origin of Tissue-Resident Macrophages: When an Erythro-myeloid Progenitor Is an Erythro-myeloid
Progenitor. Immunity 2015, 43, 1023–1024. [CrossRef]

50. Park, S.Y.; Kim, I.S. Engulfment signals and the phagocytic machinery for apoptotic cell clearance. Exp. Mol.
Med. 2017, 49. [CrossRef]

51. Haney, M.S.; Bohlen, C.J.; Morgens, D.W.; Ousey, J.A.; Barkal, A.A.; Tsui, C.K.; Ego, B.K.; Levin, R.;
Kamber, R.A.; Collins, H.; et al. Identification of phagocytosis regulators using magnetic genome-wide
CRISPR screens. Nat. Genet. 2018, 50, 1716–1727. [CrossRef] [PubMed]

52. Ngambenjawong, C.; Gustafson, H.H.; Pun, S.H. Progress in tumor-associated macrophage (TAM)-targeted
therapeutics. Adv. Drug Deliv. Rev. 2017, 114, 206–221. [CrossRef]

314



Cells 2020, 9, 708

53. Tang, P.M.K.; Nikolic-Paterson, D.J.; Lan, H.Y. Macrophages: Versatile players in renal inflammation
and fibrosis. Nat. Rev. Nephrol. 2019, 15, 144–158. [CrossRef] [PubMed]

54. Lemos, D.R.; Babaeijandaghi, F.; Low, M.; Chang, C.-K.; Lee, S.T.; Fiore, D.; Zhang, R.-H.; Natarajan, A.;
Nedospasov, S.A.; Rossi, F.M. V Nilotinib reduces muscle fibrosis in chronic muscle injury by promoting
TNF-mediated apoptosis of fibro/adipogenic progenitors. Nat. Med. 2015, 21, 786–794. [CrossRef]

55. Ueha, S.; Shand, F.H.W.; Matsushima, K. Cellular and molecular mechanisms of chronic
inflammation-associated organ fibrosis. Front. Immunol. 2012, 3, 1–6. [CrossRef]

56. Tan, R.J.; Liu, Y. Macrophage-derived TGF-beta in renal fibrosis: Not a macro- impact after all. Am. J. Physiol.
Renal Physiol. 2013, 1–7.

57. Mann, C.J.; Perdiguero, E.; Kharraz, Y.; Aguilar, S.; Pessina, P.; Serrano, A.L.; Muñoz-Cánoves, P. Aberrant
repair and fibrosis development in skeletal muscle. Skelet. Muscle 2011, 1, 21. [CrossRef]

58. Vidal, B.; Serrano, A.L.; Tjwa, M.; Suelves, M.; Ardite, E.; De Mori, R.; Baeza-Raja, B.; De Lagrán, M.M.;
Lafuste, P.; Ruiz-Bonilla, V.; et al. Fibrinogen drives dystrophic muscle fibrosis via a TGFβ/alternative
macrophage activation pathway. Genes Dev. 2008, 22, 1747–1752. [CrossRef] [PubMed]

59. Tidball, J.G.; Wehling-Henricks, M. Shifts in macrophage cytokine production drive muscle fibrosis. Nat. Med.
2015, 21, 665–666. [CrossRef]

60. Pakshir, P.; Hinz, B. The big five in fibrosis: Macrophages, myofibroblasts, matrix, mechanics,
and miscommunication. Matrix Biol. 2018, 68–69, 81–93. [CrossRef]

61. Smith, L.R.; Barton, E.R. Regulation of fibrosis in muscular dystrophy. Matrix Biol. 2018, 68–69, 602–615.
[CrossRef] [PubMed]

62. Biernacka, A.; Dobaczewski, M.; Frangogiannis, N.G. TGF-β signaling in fibrosis. Growth Factors 2011,
29, 196–202. [CrossRef] [PubMed]

© 2020 by the authors. Licensee MDPI, Basel, Switzerland. This article is an open access
article distributed under the terms and conditions of the Creative Commons Attribution
(CC BY) license (http://creativecommons.org/licenses/by/4.0/).

315





cells

Review

“The Social Network” and Muscular Dystrophies:
The Lesson Learnt about the Niche Environment as
a Target for Therapeutic Strategies

Ornella Cappellari †, Paola Mantuano † and Annamaria De Luca *

Section of Pharmacology, Department of Pharmacy-Drug Sciences, University of Bari “Aldo Moro”, via Orabona
4—Campus, 70125 Bari, Italy; ornella.cappellari@uniba.it (O.C.); paola.mantuano@uniba.it (P.M.)
* Correspondence: annamaria.deluca@uniba.it; Tel.: +39-080-544-22-45
† These authors contributed equally to this work.

Received: 31 May 2020; Accepted: 2 July 2020; Published: 9 July 2020

Abstract: The muscle stem cells niche is essential in neuromuscular disorders. Muscle injury and
myofiber death are the main triggers of muscle regeneration via satellite cell activation. However,
in degenerative diseases such as muscular dystrophy, regeneration still keep elusive. In these
pathologies, stem cell loss occurs over time, and missing signals limiting damaged tissue from
activating the regenerative process can be envisaged. It is unclear what comes first: the lack of
regeneration due to satellite cell defects, their pool exhaustion for degeneration/regeneration cycles,
or the inhibitory mechanisms caused by muscle damage and fibrosis mediators. Herein, Duchenne
muscular dystrophy has been taken as a paradigm, as several drugs have been tested at the preclinical
and clinical levels, targeting secondary events in the complex pathogenesis derived from lack of
dystrophin. We focused on the crucial roles that pro-inflammatory and pro-fibrotic cytokines play in
triggering muscle necrosis after damage and stimulating satellite cell activation and self-renewal,
along with growth and mechanical factors. These processes contribute to regeneration and niche
maintenance. We review the main effects of drugs on regeneration biomarkers to assess whether
targeting pathogenic events can help to protect niche homeostasis and enhance regeneration efficiency
other than protecting newly formed fibers from further damage.

Keywords: muscle regeneration; muscle stem cells; stem cells niche; muscle homeostasis;
neuromuscular disorders; Duchenne muscular dystrophy; pharmacological approach

1. The Muscle Tissue: Development and Insight

Skeletal muscle is a complex and heterogeneous tissue with a high regeneration potential
and plasticity. Muscle regeneration recapitulates skeletal muscle ontogenesis for many aspects.
Myogenesis can be divided into different phases, which comprehend embryonic (from E10.5 to
E12.5 of mouse development) and fetal (from E14.5 to E17.5) phases [1]. First, muscle fibers are
generated during embryonic myogenesis in the somites, transient mesodermal units, to which other
fibers are subsequentially added for following differentiation into ventral sclerotome and a dorsal
dermomyotome [2]. Myogenic progenitors appear at the end of the somitogenesis and respond to
signals from the neural tube, such as Wnts (wingless-type MMTV integration site family) and Sonic
hedgehog (Shh), which activate the basic helix–loop–helix transcription factors, such as myogenic
factor 5 (Myf5) and myoblast determination protein 1 (MyoD) which commit cells to myogenesis [3].
The embryology of skeletal muscle is out of the scope of this review and excellent reviews on the topic
are available [3].

Importantly, as previously stated, skeletal muscle is formed in successive and distinct, though
overlapping waves, involving different types of myoblasts (embryonic, fetal myoblasts, and satellite
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cells). The progressive growth of muscles occurring during late embryonic (E10.5–12.5), fetal
(E14.5–17.5), and postnatal life was recently attributed to a population of muscle progenitors that can
be found already at embryonic stage [4–7]. These might derive from a paired box gene (Pax) 3/7 positive
population of myogenic progenitors, residing in the central part of the dermomyotome. Around
E11.5 of mouse development, embryonic myoblasts enter the myotome and fuse into myotubes. More
or less at the same stage, during a phase referred to as primary myogenesis, myogenic progenitors
(migrated from the dermomyotome to the limb), start to differentiate into multinucleated muscle fibers,
commonly known as primary fibers. A second wave of myogenesis (from E14.5 and E17.5 in mouse)
known as secondary myogenesis, is characterized by fetal myoblasts fusing with each other [8–10]. At
the end of this phase, satellite cells can be morphologically identified as mononucleated cells located
between the basal lamina and the sarcolemma. During perinatal and also postnatal development,
satellite cells start dividing at a slow pace. Most of the progeny fuse with the adjacent fibers, with
new nuclei contributing to growing muscle fibers (whose nuclei are not able to divide). Because of
this process, it is possible to think that the majority of the nuclei of a mature muscle are probably
derived from satellite cells. Then, when postnatal growth is finished, satellite cells enter a phase of
quiescence, but they can be activated when the muscle tissue is damaged or in response to further
growth demands. In these cases, satellite cells exit the quiescent state, and undergo a number of cells
divisions, thereby producing fusion competent cells that are able either to fuse with damaged fibers
or to form new ones. Moreover, part of the cells return instead to quiescence, thereby maintaining
the progenitor pool. This ability has led to the suggestion that they represent a type of stem cells [11].
Many factors influence satellite cells’ population during myogenesis, such as obesity, diabetes, and
other metabolism-related problems. A very important one, for example, is represented by nutrient
administration in the maternal stage, which seems to have a direct role in perinatal muscle growth, as
extensively explained in Fiorotto and Davis [12].

2. Muscle Stem Cell Niche: Role in Tissue Homeostasis and Muscle Regeneration

Satellite cells occupy an exclusive niche within the muscle tissue, with both stem-like properties
and demonstrated myogenic activities. As previously stated, satellite cells are able to remain quiescent
or they can be activated in response either to growth/regenerative signal/injuries [13]. After this
activation, they re-enter the cell cycle and undergo an asymmetric division to maintain self-renewal.
Self-renewal is perpetuated via symmetric cell expansion (generating two identical daughter stem
cells) or through an asymmetric cell division (generating both a stem cell and a committed progenitor
daughter cell) [14].

Of the two formed daughter cells, one goes back replenishing the niche, then becoming quiescent
again; meanwhile, the other participates in the muscle regeneration/growth/homeostasis process.
This mechanism is finely regulated. In fact, satellite cell fate is tuned by mechanisms involving both
cell-autonomous and external stimuli, in concert with the programmed expression and action of
various transcription factors [15,16]. The complex processes governing satellite cell activation and
myogenesis have attracted much interest over the years and have been beautifully revised [16,17].
Notably, the decision to undergo symmetric or asymmetric self-renewal is a critical step in satellite cell
fate determination, and a deregulation of this process could potentially have detrimental consequences
on the execution of a muscle regeneration program. Satellite cells are located beneath the basal
lamina in a quiescent state, in which they express Pax7 and Myf5 [18]. When they are activated and
differentiate into myoblasts, they express MyoD and myogenin (Myog). If a Pax7+ cell population is
deleted, skeletal muscle regeneration is impaired, thereby reinforcing the importance of these cells
in this process [19]. After muscle injury, there is a time-dependent and well-organized inflammatory
response that happens together with satellite cell activation and through their differentiation process.
The recruitment of immune cells to the site of injury is pivotal to obtaining complete skeletal muscle
regeneration [20]. The acute inflammatory response following muscle injury usually begins with
neutrophils infiltration [21]. This is usually followed by an infiltration of macrophages carrying an
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M1 phenotype, which produces mostly inflammatory cytokines, such as tumor necrosis factor-alpha
(TNF-α), interleukin 1 beta (IL-1β), and interferon-gamma (IFN-γ) [22].

The addition of these cytokines in primary myoblasts’ culture remarkably increases cell
proliferation, supporting the assumption that the early increase in M1 macrophage population
and the first phase of inflammation actively participate in satellite cell activation [23]. Afterward, an
important expansion of M2 macrophages does occur, which is associated with tissue repair and satellite
cell differentiation [24]. In fact, M2 macrophages produce different cytokines, such as interleukins
IL-4 and IL-10, which improve myoblast differentiation in vitro and increase Myog expression levels,
the transcription factor that is essential for satellite cell terminal differentiation [25]. Therefore, M1 and
M2 macrophages’ kinetics are critical for the early steps of muscle regeneration.

Epigenetic regulation mechanisms can also play a role in satellite cell pool maintenance by
modulating proliferation and differentiation. A complete epigenetic profiling of quiescent satellite cells,
obtained by Liu and colleagues via chip-seq analysis, has shown that during quiescence, chromatin is
maintained in a transcriptionally permissive state, thereby allowing various epigenetic modifications,
leading to increased expression of genes involved in satellite cells’ proliferation. In particular, DNA
methylation of some genes promoters (e.g., Notch, Notch homolog 1, translocation-associated), has
been found to cause changes in satellite cell renewal, maintenance, and homeostasis [26–28].

In addition, mitochondrial functions, particularly fission and fusion, have been recently reported
to play a role in maintaining and dictating satellite cells’ fates. In fact, mitochondria are strongly
connected to metabolic programming during quiescence, activation, self-renewal, proliferation, and
differentiation. Interestingly, mitochondrial adaptation might take place to modify satellite cells’
fates and function in the presence of different environmental cues, and under different metabolic
states [29,30]. Therefore, satellite cells’ functional outcomes are strongly associated with mitochondrial
energy output [31,32]. Mitochondrial functions are so broad that some of them, including regeneration,
could be interesting targets for pharmacological therapy.

However, while muscle repair after damage is an efficient process in healthy muscle, its probability
of success appears low in many muscle disorders. The maintenance of an efficient regeneration process
is guaranteed by both satellite cells’ niche environment and satellite cells’ pool. By disrupting either
one of the two or both, the impairment in muscle regeneration suddenly happens, as likely occurs in
many muscular dystrophies. In Duchenne muscular dystrophy (DMD), the most frequent and most
studied one, it is still unclear which phenomenon comes first, also in relation to the different roles that
cytokines play on adult myofiber and satellite cells and their complex crosstalk. However, the plethora
of data collected in DMD over the last decades, also with the extensive use and characterization of
the mdx mouse, its main animal model [33]. allow a deeper insight into the possibility to improve
regeneration efficiency as a consequence of therapeutic approaches, from classical drugs to cell therapy.

Pharmacological approaches, even if unable to restore the primary defect, can target disease
pathophysiology and progression, by acting at different stages of the inflammatory cascade and
therefore slowing down the necrotic process. Yet, the outcomes of such strategies on regeneration
efficiency are still unclear. Similarly, other approaches aim at enhancing regeneration with a direct
drug action on satellite cell activation and differentiation, although such an effect without a parallel
mechanism to minimize the damage of mature myofiber appears to be weak. Herein, we critically
revised some of the main approaches used preclinically and clinically in DMD in the attempt to assess
their potential outcomes in maintaining or enhancing the regeneration potential, also in relation to
the mechanism of action. The overview of these effects may help the community to go back to basic
scientific research with a better understanding of the imbalance in the social network governing muscle
repair and stem cell niche in relation to disease mechanisms to better address therapeutic intervention
for tissue repair.
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3. Duchenne Muscular Dystrophy: Is There a Role for Satellite Cells and Their Niche?

3.1. DMD General Picture

DMD is a lethal progressive pediatric muscle disorder. It is genetically inherited as an X-linked
disease caused by mutations in the dystrophin gene. The DMD gene (which encodes the protein
dystrophin) is affected by point mutations, duplications, and deletions of parts of the gene, causing
alterations in the reading frame and consequent truncation of the dystrophin protein, which is then
rapidly degraded. Dystrophin protein is mainly expressed in skeletal and cardiac muscle and to
a lesser extent in smooth muscle and the brain. Dystrophin represents an essential component of
the large oligomeric dystrophin-glycoprotein complex (DGC) [34,35]. The DGC acts as a connector
between the actin cytoskeleton of the myofiber and the surrounding extracellular matrix (ECM)
through the sarcolemma. In the absence of dystrophin, DGC assembly is impaired which weakens
the muscle fibers, rendering them highly susceptible to injury. At this point, muscle contraction-induced
stress results in constant cycles of degeneration and regeneration [36]. Eventual accumulation of
inflammation and fibrosis lead to progressive muscle weakening and loss of muscle mass and
function [37]. The efficiency of regeneration appears to be low [38]. This progressive muscle wasting
condition leads to severe disability and follows with premature death in affected individuals due to
respiratory and/or cardiac failure, typically by or before the age of 30.

3.2. DMD and Stem Cell Polarity

DMD has also been considered a stem cell disease, as a failing regeneration is a typical feature.
In fact, there is still a debate about the main determinant of the regeneration failure; it is not clear
whether the lack of dystrophin impairs satellite cells’ ability to repair the muscle, or the disruption of
the stem cells niche environment, or the two altogether. The role of the niche for stem cells in muscle
repair is, in general, crucial. In the case of DMD, the niche environment is believed to be compromised
by the cascade of events due to constant inflammation and muscle degeneration [39]. However,
the absence of dystrophin can play a key role, by affecting asymmetric division. In general, cell cortex
polarization and specification of the mitotic spindle orientation are critical steps for the asymmetric
localization of cell fate determinants [40].

Importantly, dystrophin interacts with the cell polarity-regulating serine/threonine-protein kinase
MARK2 at the muscle fiber membrane [41]. Moreover, it has been demonstrated that activated satellite
cells also express dystrophin [42]. Interestingly, dystrophin protein expression has been found to be
polarized in satellite cells, and apparently, it is expressed at a very high level when cells are about to
undergo cell division. Therefore, dystrophin has a pivotal role in regulating polarity in asymmetric
satellite cell division. In support of this view, Chang et al. described a significant reduction in
asymmetric division, with a consequent progressive loss of myogenic progenitor, in myoblast-derived
satellite cells isolated from mdx mouse [43]. This phenomenon seems due to the mdx-derived loss of
polarity of mdx satellite cells, which then resulted in defective mitotic spindle orientation, causing an
impairment in asymmetric cell division. This observation supports the hypothesis that the absence of
dystrophin, even at the satellite cell level and during asymmetric division, is a significant contributing
factor in the failing repair efficiency manifestation of DMD phenotype [43].

However, the niche surrounding environment can also play a key role in the effectiveness of
regeneration. This will be addressed in the following paragraph. An important question that remains
unaddressed is to determine what the fate is of dystrophic satellite cells that are unable to undergo
proper cell division. In accordance with the observation that mdx satellite cells exhibit a reduced ability
to commit to the myogenic program, another recent study found that satellite cells from mdx mice
have reduced myogenic potential and initiate a fibrogenic program. It is conceivable that satellite cell
dysfunction in DMD can also account for enhanced fibrosis.
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3.3. Inflammation and Regeneration Efficiency in DMD

In DMD, muscle tissue goes through continuous cycles of degeneration/regeneration. In the latest
stages of the pathology, muscle tissue is substituted by fibrotic and adipose tissue mostly due to
the inability of satellite cells to repair muscle damage. Chronic inflammation is a typical hallmark of
DMD and may contribute to impaired skeletal muscle regeneration. Although many cells are involved
in chronic inflammation, one of the most important roles is played by macrophages, since these cells are
associated not only to satellite cells’ activation but also to the survival of fibro/adipogenic progenitors
(FAPs), which outcompete the satellite cell population during inflammation [44]. By competing with
satellite cells, FAPs can increment the fibrotic process; an imbalance between the two populations
ultimately leads to the accumulation of FAPs in skeletal muscles with consequent aberrant production
of pro-fibrotic factors (e.g., ECM components). Thus, a pharmacological reduction of FAP accumulation
could potentially help in preserving satellite cells and their ability to repair injured muscles.

Adding to the role of macrophages in modulating satellite cell proliferation and differentiation,
a recent study demonstrated that the cytokines, produced by both M1 and M2, infiltrated macrophages
in the injured skeletal muscle, are able to modulate ECM production through FAPs [45]. In particular,
it has been shown that in physiological condition, ECM components’ production by FAPs was
regulated by TNF-α or transforming growth factor-beta 1 (TGF-β1), which are both secreted by M1
and M2 macrophages. On top of that, the M1 and M2 macrophage kinetics after muscle damage
supported the initial accumulation followed by FAP apoptosis, avoiding the aberrant deposition
of ECM in skeletal muscle. In this regard, an increase in both cytokines can be responsible for
excessive ECM accumulation, thereby leading to poor or non-effective skeletal muscle regeneration.
Based on those previous studies, FAPs and macrophages have been characterized as some of cells
associated with generation and maintenance of the microenvironment responsible for satellite cells’
activation and differentiation, i.e., the satellite cell niche, pivotal during skeletal muscle regeneration
process. Even though the acute inflammatory response is associated with proper skeletal muscle
regeneration, chronic and non-resolute inflammation, which is observed in the skeletal muscle of
idiopathic inflammatory myopathies, dystrophies, and aging, is strongly associated with the impaired
functions of satellite cells, immune cells, and FAPs, leading then to fibrosis accumulation and poor
skeletal muscle regeneration [45,46].

Regarding M1 macrophage over-activation, some in vitro studies show that higher levels of
the cytokines produced by these cells (e.g., IL-1β, TNF-α, IFN-γ) are able to mitigate or abrogate
myoblast proliferation [23,47]. Moreover, the continuous stimulation of myogenic progenitor cells by
IFN-γ leads to the suppression of genes responsible for terminal differentiation. This suppression
accounts for the activity of the histone methyltransferase EZH2, which is mediated by the class II
major histocompatibility complex transactivator [48]. A chronic increase in IFN-γ and class II major
histocompatibility complex transactivator levels repress the expression of genes related to the late
stages of satellite cell differentiation by enhancing the promoter region of these genes [48]. Although
the level and chronicity of IFN-γ required to start these epigenetics effects in vivo are unknown, these
findings suggest that a persistent increase in M1 macrophages expressing IFN-γ for a long time can
definitely impair skeletal muscle regeneration. Table 1 summarizes the main cytokines involved in
the early and late damaging signals, and in the pro-fibrotic pathways.
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Table 1. Cytokines involved in satellite cell regeneration. List of cytokines involved in the inflammatory
pathway for muscle regeneration and maintenance. The listed cytokines take part either in proliferation
or differentiation of the satellite cell population aiming to repair muscle tissue after injury. Their role in
relation to the phase of regeneration is indicated.

Cytokines
Effects on Satellite Cells

(Early Phase)
Effects on Myoblasts

(Later Phases)
References

IL-1β

Pro-inflammatory;
increases SCs proliferation and

coordinates interactions between
SCs and microenvironment

Reduces myogenic differentiation [23,49]

IL-4
Improves myoblast differentiation

in vitro and increases Myog
expression

Plays a role in SCs fusion and
growth [50]

IL-6 Pro-inflammatory;
induces SCs proliferation

Stimulates hypertrophy and
promotes myoblast differentiation [51]

IL-7 None reported
Possible involvement in inhibiting

differentiation (limited data
available)

[52]

IL-10 Anti-inflammatory, counteracts
IL-6; no effects on proliferation Stimulates differentiation [53]

IL-13 Pro-inflammatory;
increases SCs proliferation Fusion-promoting activity [48,54]

IFN-γ Pro-inflammatory;
increases SCs proliferation

Impairs differentiation via
inhibition of Myog expression [48]

TGF-β1 Pro-fibrotic; maintains and
induces SCs quiescence Inhibits differentiation [55]

TNF-α

Pro-inflammatory;
increases SCs proliferation,

activates SCs to enter the cell cycle
via p38 MAPK activation

Inhibits differentiation and fusion [23]

Abbreviations: SCs, satellite cells; IL, interleukin; IFN-γ, interferon γ; Myog, myogenin; TGF-β1, transforming
growth factor β1; TNF-α, tumor necrosis factor α.

4. Pharmacological Approaches Targeting Niche Homeostasis: What We Learned from DMD

For many years, scientists have been putting a lot of effort into finding an effective and definitive
treatment for DMD patients. Although pharmacological and technological progress has been made,
there is still no absolute cure for this severe disease. Several promising gene and molecular therapies are
currently under investigation, aimed at targeting the primary defect. These include gene replacement,
exon skipping, and suppression of stop codons [56–58]. More recently, the promising gene-editing tool
CRISPR/Cas9 has been offering exciting perspectives for restoring dystrophin expression in patients
with DMD [59–61].

In parallel, various therapeutic strategies have been explored with drugs able to target the complex
secondary mechanisms responsible for DMD pathogenesis. The aim is to find drugs safer than
the current standard of care represented by corticosteroids. Indeed, glucocorticoids are beneficial
to prolonging ambulation in DMD boys and are initiated early before other symptomatic therapies.
The main efficacy of steroids is believed to be related to the control of inflammation [62–65].

Along this line, a large number of drugs have been investigated in DMD, many of them aimed at
reducing inflammation and fibrosis, and they are then able to shut down the pathological loop leading
to progressive damage [58]. Among this surge of new experimental pharmacotherapies, in this review,
we will revise available data to assess whether drugs can help to maintain a proper equilibrium in
satellite cell self-renewal via direct action, or mainly by regulating the inflammatory response and
controlling fibrosis. In fact, to date, it is still unclear whether there is a pharmacological treatment that
can help in maintaining better muscle homeostasis and improving satellite cell efficiency.
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4.1. Biomarkers of Regeneration in DMD: Advantages and Limitations

From the perspective of evaluating the potential ability of old and new pharmacological strategies
to modulate skeletal muscle regeneration in DMD, it is crucial to rely on a robust panel of translational
biomarkers to obtain a more complete view on and assessment of the regenerative process in
preclinical research. Recently, besides several valuable indices commonly used to quantify regeneration,
degeneration, and repair efficiency, the advances in technology offered many possibilities to implement
the number of regenerative biomarkers to be assessed. All the identified biomarkers described in this
paragraph are summarized in Table 2.

The histological evaluation of dystrophic muscles in DMD patients and animal models is
the most traditional way to quantify and characterize damage and regeneration. The classical and
standardized hematoxylin and eosin (H&E) staining protocol (TREAT-NMD Standard Operating
Procedures for the mdx mouse model; DMD_M.1.2.007) enables evaluating histopathology. In this
context, the proportion of centronucleated fibers (CNF) represents a common index of regeneration, in
parallel to a morphological change in size of nascent muscle cells (DMD_M.1.2.001) [66]. However,
this structural assessment of the regenerative process is characterized by intrinsic limitations and
variables which can complicate data interpretation; e.g., concerning how the level of centronucleation
is associated with a still efficient/non-efficient repair system, the identification of activated satellite
cells and the amount of fibrosis depending on pathology stage. Part of these uncertainties can be
solved with immunohistochemistry (IHC) and immunofluorescence (IF) techniques that allow us to
appreciate the indices of satellite cell activation and regeneration, and the presence of specific markers
of regeneration in fused myotubes. In this frame of knowledge, a robust regenerative biomarker in
different muscles of mdx mice at different ages is the presence of developmental myosin heavy chains
(embryonic and neonatal MyHCs), usually assessed by IF imaging [67].

High levels of MyHCs are also considered valuable indicators of disease severity which
correlate well with functional impairment in DMD boys. However, this index is also subjected
to misinterpretation, since MyHCs may be occasionally present in non-regenerating fibers and
are differentially expressed throughout the regeneration process. IHC and IF can allow detecting
the presence and cellular localization of any cytokine and transcription factor potentially involved in
regeneration, and then help to quickly characterize the efficiency and extent of the process in natural
disease history and as effects of therapeutics. qRT-PCR and gene array platforms, together with
immunoblotting, ELISA, and proteomic arrays, are also widely used to detect regeneration biomarkers
while researchers are intending to gain better insight into the mechanisms behind the regenerative
process in DMD, and to assess whether drugs can modulate the expression of these indicators of
regeneration in DMD. The transcription factor Pax7 is frequently assessed with various imaging and
quantitative approaches, since its expression is directly related to the maintenance of the satellite cell
pool, in parallel with the relative expression of other myogenic regulatory factors Myf5, MyoD, and
Myog, in relation to the stage of the regenerative process [68,69].

A regeneration-associated biomarker of growing interest is represented by utrophin, an autosomal
analogue of dystrophin (80% similarity between the two proteins), physiologically abundant in early
developing muscles, and progressively replaced by dystrophin at the sarcolemma level towards
birth. In DMD and mdx muscles, utrophin is upregulated because of the repairing process, but not to
the extent to efficiently compensate for dystrophin absence [68]. As pointed out recently, utrophin
sarcolemmal localization and the homogeneity of its signal across the whole muscle in correlation
with ongoing regeneration, are critical to assess potential protection resulting from direct or indirect
stimulation of its upregulation. Thus, the importance of combining imaging techniques to identify
utrophin located at myofibers sarcolemma with the traditional assessment of regenerating fibers and
their size is increasing [67,68,70,71].

Furthermore, since inflammation is crucial in modulating the muscle regeneration
microenvironment, a more detailed view of the ongoing inflammatory process can be obtained
by checking cytokine expression and their intracellular signaling, and by the parallel assessment and
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relative proportion of M1 and M2 macrophage phenotypes in relation to a drug treatment [68,72].
In parallel, considering the existing cross-talk between myogenesis and angiogenesis during muscle
regeneration, orchestrated by restorative macrophages in vivo, the levels of growth factors and
particularly of vascular endothelial growth factor (VEGF) along with its receptors, represent another
set of biomarkers of interest to monitoring the progression of the microvasculature [73].

The multifunctional cell-surface protein neural cell adhesion molecule (NCAM) is expressed in
activated satellite cells and during myogenic differentiation, representing a useful tool to evaluate
active muscle regeneration following spontaneous and/or induced degeneration, and the proportion of
adult myogenic cells already committed to differentiation [74,75].

Blood-circulating biomarkers are also becoming increasingly attractive for monitoring DMD
disease progression and the efficacy of experimental therapeutic options. Among these, an emerging
candidate for evaluating muscle regeneration in dystrophic animal models and DMD patients is serum
osteopontin (OPN), an inflammatory cytokine and myogenic factor which has been recently found to
be highly elevated in the early disease phase of CXMDJ (canine X-linked muscular dystrophy) dogs
in Japan. Importantly, high serum OPN levels correlate well with phenotypic severity in CXMDJ

dogs [76,77]. Similarly, in DMD patients, a single-nucleotide polymorphism (SNP, rs28357094T>G
referred to as the G allele) in the promoter of OPN gene SPP1 has been identified as a genetic modifier of
disease severity by modifying OPN activity [78,79]. It has been recently reported that, in the mdx mouse,
OPN exacerbates the dystrophic phenotype by skewing macrophage polarization and promoting
TGF-β1 activation via matrix metalloproteinase-9 (MMP-9) [80]. This extracellular protease and its
inhibitor TIMP-1 are also strongly suggested as DMD progression plasma biomarkers. In fact, high
serum levels of both MMP-9 and TIMP-1 are associated with dystrophic pathology; however, only
MMP-9 has been shown to increase age-dependently, thereby becoming a marker of late-stage disease
in older, non-ambulant patients [81]. Importantly, although the precise mechanisms by which MMP-9
regulates dystrophic muscle regeneration are still unclear, the knock-out of MMP-9 in mdxMmp9−/−
mice has been found to augment satellite cell proliferation and transplanted myoblast engraftment in
muscles, accompanied by a significant reduction of M1 macrophages with a concomitant increase in
the number of pro-myogenic M2 macrophages [82].

Several microRNAs (miRNAs) are specifically expressed in healthy skeletal muscle fibers, playing
a crucial role in muscle development; DMD patients and mdx mice share a common altered signature
of muscle-specific miRNAs [83]. Consequently, miRNAs are attracting increasing interest in recent
years. In particular, bloodstream levels of specific regeneration and degeneration miRNAs have been
proposed as bona fide markers for DMD diagnosis and therapeutic outcome [84]. In particular, miR-1
and miR-133, normally expressed in mature muscle fibers, are 2-fold reduced in the DMD muscle
signature, whereas the levels of regeneration miRNAs, including miR-206, are doubled in satellite
cells and proliferating myoblasts of dystrophic muscles. In parallel, the high serum levels of all
these miRNAs in DMD patients and animal models compared to controls derive from the intensive
degeneration occurring in DMD muscles. Interestingly, high levels of circulating miRNAs correspond
to poor ambulant activity in patients [84].

In addition, other less canonical biomarkers of regeneration can come from functional studies
at the cellular level. For instance, the expression and function of specific ion channels in myofibers
may be useful indicators of the repairing process, and of activation of myogenic process and myofiber
differentiation. These include various voltage-gated ion channels, such as Nav1.4, Kir, Cav1.1 [85]. One
of such biomarkers we had the chance to better characterize in the frame of degeneration/regeneration
events in mdx muscles is the macroscopic conductance to ClC-1 muscle chloride channel (gCl). ClC-1
channel is a skeletal muscle-specific channel of key importance for its role in setting sarcolemmal
excitability. Its expression and function are strictly developmentally, phenotypically, and nerve
regulated. The gCl is directly sensitive to inflammation, as shown by its decrease in response to
inflammatory cytokines, chronic exercise, and angiotensin II (ANGII) in wt and mdx animals. In
parallel, gCl is increased during active regeneration phases and by regeneration-promoting factors,
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such as IGF-1, as also shown in response to drugs with anti-inflammatory properties, such as gold
standard α-methylprednisolone (PDN) [86–88]. The main disadvantage of functional biophysical
biomarkers resides in the complex and time-consuming methodology required, which limits validation.

Finally, the evaluation of the expression of main regulators of stem cells division and polarization
(e.g., partitioning-defective Par1b and Pard3) to monitor the ability of satellite cells to enter the myogenic
program, maintain cell polarity, and ensure a proper asymmetric division is of the utmost importance to
assess the effects of pharmacological approaches on dystrophic muscle stem cell niche balance [42,88].

Since none of these biomarkers may unambiguously identify the regenerative state in dystrophic
muscles, it is essential to complementarily use these indices and to implement research to identify new
ones, with the final purpose of obtaining an exhaustive view of these highly-orchestrated mechanisms,
their alteration in the pathology, and the effects of drugs. In light of these observations, the following
paragraphs will review the most relevant results obtained by standard therapy (i.e., glucocorticoids) and
novel pharmacological approaches in DMD, with a particular focus on preclinical findings highlighting
the ability of these drugs to enhance regeneration efficiency in dystrophic muscles, via the analysis
of predictive biomarkers. Considering the great amount of preclinical data available on the mdx
mouse model and the plethora of new compounds proposed and repurposed as potentially effective
treatments in DMD, specific attention has been devoted to describing the impacts of drugs targeting
muscle stem cell niche homeostasis in the regenerative process, particularly of those directed against
pro-inflammatory and pro-fibrotic mediators, and of drugs directly aimed at directly modulating
satellite cell self-renewal.

Table 2. Biomarkers of regeneration in DMD. List of tissue and circulating biomarkers identified for
the assessment of regeneration in dystrophic animal models and also in DMD patients. The main
techniques to perform their assessment at the structural and molecular level and the meaning of each
biomarker in the regenerative process in relation to disease stages are also indicated.

Regenerative Biomarkers in DMD

Biomarker
Sample
Type

Detection Method Disease Phase Role-Meaning References

Centronucleation
and variation in

fiber size

Skeletal
muscle Histology (H&E) Early stage Index of degeneration/

regeneration cycles

TREAT-NMD
SOPs

DMD_M.1.2.007,
DMD_M.1.2.001;

[66,68]

Embryonic and
neonatal MyHCs

Skeletal
muscle IHC, IF imaging

Differential
expression

depending on
muscle and age

Indicator of muscle
damage; correlates with
functional impairment

[67]

Macrophage
phenotypes

(M1, M2)

Skeletal
muscle IHC, IF imaging Early stage

Immune response
during degeneration/

regeneration
[68,72]

Pax7, Myf5, MyoD,
Myog

Skeletal
muscle

IHC, IF imaging;
qRT-PCR, gene

arrays; WB, ELISA,
protein arrays

Differential
expression

depending on
myogenesis

stage

Myogenic regulatory
factors [68,69]

Par1b, Pard3 Skeletal
muscle

IHC, IF imaging;
qRT-PCR, gene

arrays; WB, ELISA,
protein arrays

Early stage
Regulators of stem cells
asymmetric division and

polarization
[42,68]

Utrophin Skeletal
muscle

IHC, IF imaging
(for sarcolemmal

localization);
qRT-PCR; WB

Early stage
Abundant in early

developing muscles and
during repair

[68]

NCAM Skeletal
muscle IHC, IF imaging Early stage

Marks adult myogenic
cells committed to

differentiation
[74,75]
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Table 2. Cont.

Regenerative Biomarkers in DMD

Biomarker
Sample
Type

Detection Method Disease Phase Role-Meaning References

VEGF Skeletal
muscle IHC, IF imaging Early stage

Indicator of
microvasculature

progression
[73]

Osteopontin
Serum,
Skeletal
muscle

ELISA,
IF imaging Early stage

Secreted by myoblasts
and macrophages after
injury; correlates with

disease severity

[76–78]

MMP-9, TIMP-1 Serum ELISA

Late stage
(age-dependent

increase
of MMP-9)

Remodeling of ECM;
activation of latent

TGF-β1; inhibition of
MMP-9 increases SCs

proliferation

[81,82,89]

MicroRNAs
signature

(miR-1, miR-133,
and miR-206)

Serum,
Skeletal
muscle

qRT-PCR

Differential
expression in

plasma/muscle
depending on
regeneration

level

Specifically expressed in
muscle and released in

the bloodstream as
a consequence of fibers

degeneration

[83,84]

Ion channel
biophysics, i.e.,

macroscopic
conductance to
ClC-1 chloride
channel (gCl)

Skeletal
muscle

Intracellular
recordings with

glass
microelectrodes

Early and late
stages

Biophysical index
directly sensitive to

inflammation; increased
by regeneration and

anti-inflammatory drugs

[86,87]

Abbreviations: ELISA, enzyme-linked immunosorbent assay; H&E, hematoxylin and eosin; IF, immunofluorescence;
IHC, immunohistochemistry; MMP-9, matrix metalloproteinase-9; Myf5, myogenic factor 5; MyHC, myosin heavy
chain; MyoD, myoblast determination protein 1; NCAM, neural cell adhesion molecule; Par1b, partitioning-defective
1b; Pard3, partitioning-defective 3 homolog; Pax7, paired box protein 7; TIMP-1, tissue inhibitor of metalloproteinases
1; VEGF, vascular endothelial growth factor; WB, Western blot.

4.2. Glucocorticoids: Disease-Related Effects on Degeneration/Regeneration Efficiency for an Old Class

Glucocorticoids are currently the only established supportive therapy used in DMD boys at
early pathology stages, although their severe side effects negatively impact on patients’ quality of life.
The beneficial effects of gold standard medications (i.e., prednisone, prednisolone, deflazacort) are well
documented: they control inflammation, delay pathology progression, and increase loss of ambulation
up to 2 years in young DMD patients [62,64,65]. Despite this, the precise molecular mechanisms behind
their ability to alleviate DMD symptoms remain largely unknown. In this context, several preclinical
and clinical studies suggest that glucocorticoids may exert their primary effects by controlling muscle
inflammation and fibrosis, and regeneration. We and others collected extensive evidence about
the effects of PDN administration to mdx mice and its impact on biomarkers of regeneration (see
Table 3).

In multiple studies, we observed that treating mdx mice from 4–5 weeks of age with PDN (1 mg/kg;
for 4 or 8 weeks), resulted in a potent anti-inflammatory action, as shown by the reduced levels of
activated p65 nuclear factor-κB (NF-κB) by IHC, and in a marked reduction of reactive oxygen species
(ROS), measured by dihydroethidium IF staining in dystrophic muscles. This was accompanied by
a notable increase in extensor digitorum longus (EDL) myofibers gCl [86,87,90]. NF-κB modulation
by PDN was also confirmed at transcript levels by qRT-PCR in other studies [91]. Importantly, PDN
was also able to increase utrophin expression, measured by IF in mdx gastrocnemius (GC) muscle, as
a direct index of improved regeneration; in parallel, α and β-dystroglycan were found increased by
Western blot, as indices of improved membrane stability [71].
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Table 3. Glucocorticoid therapy and degeneration-regeneration efficiency in DMD. Preclinical and
clinical observations collected about the impact of glucocorticoid supportive treatments on biomarkers
of regeneration in DMD. The observed direct and indirect effects on the regenerative process are briefly
listed, and the techniques used for the detection.

Standards of Care for DMD and Regeneration

Glucocorticoid Drugs
Direct/Indirect Effects on Regenerative

Biomarkers
References

α-methyl-prednisolone (PDN)
 

 

4—8 weeks of treatment in mdx mice (from 4
weeks of age)

• Reduced NF-κB expression and activation
(qRT-PCR, IHC)

• Increased utrophin expression (IF)
• Increased EDL myofibers gCl

(electrophysiology)
• Increased α- and β-dystroglycan (WB)
• Reduced macrophage infiltration (H&E)

[71,86,90]

prednisone

 

• Weekly treatment in 6-month-old mdx mice
(for 4 weeks) increased expression of
Annexins A1, A6 (gene arrays)

• 6-month treatment in DMD patients
increased muscle satellite cells, reducing
fibroblasts and dendritic cells (H&E)

[92,94]

deflazacort
• Weekly treatment in 6-month-old mdx mice

(for 4 weeks) increased expression of
Annexins A1, A6 (gene arrays)

• 3-month treatment in DMD patients
increased the gene and protein expression of
Pax7, Myf5, MyoD, C-MET and reduced
neonatal MyHC, TNF-α and
macrophage-related CD68 (qRT-PCR, IHC)

[92,93]

Abbreviations: c-MET, tyrosine-protein kinase Met; NF-κB, nuclear factor kappa-light-chain-enhancer of activated
B cells.

Furthermore, in a recent study by McNally and colleagues, the weekly administration of prednisone
or deflazacort to mdx mice was associated with more consistent expression of muscle repair markers
Annexins A1 and A6 compared to daily treatment, in parallel to a reduction of inflammatory macrophage
infiltration and fibrosis, suggesting that dystrophic muscle remodeling may be also regimen-specific;
therefore an appropriate dose frequency could further enhance muscle recovery and proper regeneration,
possibly reducing side effects [92].

In the clinical setting, muscle biopsies from DMD patients treated with deflazacort for 3 months,
gene and protein expression analyses of selected regenerative, and regulatory biomarkers showed that
the drug increased the most important mediators of myogenesis and myofiber regeneration (Pax7,
Myf5, MyoD, C-MET) and reduced neonatal MyHC, indicating an improved maturation process.
In parallel, deflazacort strongly decreased TNF-α and macrophage-related CD68 [93]. Accordingly,
a 6-month treatment with prednisone in DMD boys was associated with an increased number of
satellite cells, paralleled by a decrease in fibroblasts and dendritic cells [94].

Interestingly, the SNP of SPP1 identified as a determinant of DMD disease severity has been
recently associated with an alteration in response to deflazacort treatment in patients, with an increase
in serum OPN levels [79,95], further supporting the existence of a cross-talk between regenerative
pathways and glucocorticoids pharmacological actions in dystrophic muscles.
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All these findings suggest that the effect of glucocorticoid therapy in dystrophic muscles is at
least partially mediated by an improved regeneration and that this effect is “paradoxical” compared to
that observed in individuals with functional dystrophin, where glucocorticoids are known to trigger
muscle atrophy.

4.3. Pharmacological Approaches Targeting Inflammatory Mediators and Pathways

Among the new therapeutic avenues explored to pharmacologically modulate secondary events in
DMD pathogenesis, several attempts have been focused on drugs potentially more effective and safer
than standard glucocorticoids, targeted against pro-inflammatory molecules (see Table 4). As already
stated in previous paragraphs, some of these mediators are key players of regeneration efficiency due
to their direct role in muscle wasting, and then, in the modulation of functional and structural indices.
For most of them, a clear impact on regeneration efficiency is lacking, and in some cases, an expected,
reduction of centronucleated myofibers has been observed, as a clear consequence of necrosis.

In this general frame, a key target is the transcription factor NF-κB, a key regulator of
pro-inflammatory responses in skeletal muscle. Its active form, p65 NF-κB, is highly expressed in
dystrophic muscles before symptoms onset. Vamorolone (VBP15)—a Δ9,11 glucocorticoid analogue now
under evaluation in Phase II clinical trials on DMD boys (NCT02760264, NCT03038399, NCT02760277)
acts as a dissociative steroid, a retaining membrane, and has anti-inflammatory properties of classical
steroids but loses the transactivation sub-activity associated with their side effects. First identified
by Kanneboyina Nagaraju and colleagues, VBP15 strongly reduced NF-κB and TNF-α expression
and percentage of inflammatory foci in 8-week-old mdx mice muscles, with a parallel amelioration of
functional readouts [91]. A specific search of regenerative biomarkers would be certainly useful to gain
more insight into the clinical efficacy of this promising therapeutic agent. Other anti-inflammatory
compounds of increasing interest for DMD are edasalonexent (formerly CAT-1004, now being tested in
a Phase II trial), NCT02439216 [96], and CAT-1041, two inhibitors of the IκB kinase (IKK)/NF-κB complex.
In 4-week-old mdx mice, a 20-week treatment with each drug reduced p65 NF-κB, interleukin-6 (IL-6)
and OPN protein levels, without modifying utrophin expression.

Histopathology was ameliorated, with a reduction of the total area of damage and of inflammatory
macrophage infiltrates, in parallel to in vivo and ex vivo functional indices [97]. In mdx mice, IKK
conditional deletion clarified that NF-κB functions in activated macrophages to promote inflammation
and muscle necrosis, reducing regeneration via inhibition of muscle progenitor cells [98]. In 5-week-old
mdx mice muscles, a 4-week treatment with the IKK inhibitor NEMO-binding-domain (NBD) peptide,
induced strong decreases in macrophage infiltration and p65 NF-κB, measured by electrophoretic
mobility shift assay (EMSA). Interestingly, increments in embryonic MyHC positive myofibers and
CNF proportion, measured by IF and H&E respectively, were here taken as positive indices of
increased regenerative potential, since they were accompanied by a notable inhibition of damaging
pathways [99,100].

Approved drugs targeting TNF-α have been evaluated for possibly repurposing DMD, with
interesting findings concerning regeneration. A 4-week treatment with etanercept (Enbrel®), a chimaera
compound bearing the TNF-α soluble receptor, improved EDL myofibers gCl in adult mdx mice, while
the histological profile was only modestly ameliorated. Histopathology was also analyzed in GC
muscles from mdx mice treated from two weeks of age, when the first spontaneous degeneration cycle
occurred, showing a significant reduction in the proportion of degenerating fibers; however, no clear
index of regeneration was observed [101].

Several studies have been performed to assess the role of non-steroidal anti-inflammatory
drugs (NSAIDs), inhibitors of cyclooxygenase (COX) enzymes, in dystrophic muscles, considering
the canonical role of prostanoids in sustaining early and chronic inflammation. However, the effects
of these drugs in DMD are controversial, likely in relation to the differential and tissue-specific roles
of COX-related prostanoids. In fact, the various prostaglandins (PGs) have differential and opposite
effects on regeneration and myogenesis, which complicate the outcomes of drugs inhibiting either or
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both COX-1 and COX-2 isoforms. In mdx mice, NSAIDs and COXIBs (e.g., ibuprofen, flurbiprofen,
parecoxib) contributed to reducing macrophage infiltration to a different extent, without affecting
functional indices or the percentage of regenerating myofibers. Our group could not confirm these
effects for meloxicam, a COX-2 selective inhibitor, in mdx mice, likely in relation to the inhibition
of PGE2, which exerts a key pro-myogenesis action [101,102]. PGD2, unlike other prostaglandins,
inhibits myogenesis and its metabolites are increased in DMD patients; therefore, increased muscle
fiber regeneration can be achieved by specific PGD2 inhibition. Recently, HQL-79, a potent selective
inhibitor of hematopoietic PGD synthase (HPGDS), was found to suppress muscle necrosis in mdx mice,
without interfering with cytoprotective PGE2 and other pro-myogenic PGs [103]. A highly-selective
HPGDS inhibitor, TAS-205, was found to reduce necrosis and improve locomotor activity in mdx
mice [104]; although no more specific results are available on its regenerative potential, a recent Phase
I trial provided early evidence of a modest if any, potential therapeutic activity in DMD population
(NCT02246478).

An interesting drug target is IL-6, a myokine known to induce a harmful inflammatory milieu in
human and murine dystrophic muscles, by promoting the transition from acute neutrophil infiltration
to chronic mononuclear cell infiltration; however, IL-6 has also been reported to participate in
muscle regeneration by promoting myoblast differentiation [105]. In 4-week-old mdx mice, the IL-6
pharmacological blockade via neutralizing antibody, ameliorated functional performance, modulated
inflammation via NF-κB inhibition, and improved homeostatic maintenance of dystrophic muscles, as
evidenced by the significant gene upregulation of Pax7, MyoD1, Myog, IL-4, and Wnt7a, a secreted factor
which drives the “planar cell polarity pathway” to promote satellite stem cell expansion via symmetric
division. In another study, IL-6 blockade increased inflammation with no functional improvement,
suggesting that attention should be paid to its dual role in dystrophic muscles, concerning any possible
drug intervention [106–108].

Additionally, compounds with anti-inflammatory properties related to multiple intracellular
actions may exert clear effects on regeneration in DMD. Among these, flavocoxid, a mixed flavonoid
with antioxidant and NF-κB inhibiting properties, was described to exert an early, remarkable
morphological benefit evidenced by H&E staining in 5-week-old mdx mice muscles, by reducing
necrosis and mononuclear cell infiltrate, with an increased regenerating area defined as an increase in
the number of Myog-positive nuclei by IHC, while CNF were comparable to vehicle [109].

Another wide-acting drug is pentoxifylline (PTX), a non-selective phosphodiesterase inhibitor
exerting anti-inflammatory, anti-cytokine, and anti-fibrotic actions linked to a specific ability to inhibit
abnormal calcium entry in dystrophic myofibers [74]. We found that a 4-week treatment with PTX
restored calcium homeostasis and reduced markers of oxidative stress in mdx mice. Histopathology and
fibrosis were improved in a muscle-specific manner. Interestingly, although no significant variation in
CNF percentage was observed, PTX significantly increased the NCAM-positive area in diaphragm (DIA)
and GC. Then, a wide action of PTX can be envisaged: A reduction of muscle necrosis by controlling
inflammation-related oxidative stress and calcium homeostasis, while stimulating regeneration via
reducing pro-fibrotic signaling and activating satellite cells. In vitro experiments with PTX in C2C12 cell
cultures further supported the potential ability of PTX to directly activate satellite cells and promote their
growth, likely resulting from cAMP increase in satellite cells [74]. Whitehead et al. provided evidence
that the anti-oxidant compound N-acetylcysteine (NAC) ameliorates skeletal muscle pathophysiology
in GC muscles from 8-week-old mdx mice, by reducing ROS production, NF-κB activation, and CNF,
and importantly, increasing utrophin and β-dystroglycan levels at the sarcolemma [70].

4.4. Pharmacological Approaches Targeting Pro-Fibrotic Mediators

TGF-β1 is a multifunctional cytokine playing a role as a master regulator of both ECM remodeling
and myogenesis. In healthy muscles, a timely activation of TGF-β1 and satellite cells is thought to be
critical for muscle recovery and development. In DMD patients and mdx mice, high levels of TGF-β1
correlate with disease severity and induce excessive collagen deposition, contributing to fibrosis
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progression (see Table 4). In parallel, the TGF-β1-SMAD (small mother against decapentaplegic) 2/3
pathway can also inhibit the activation of myogenic regulatory factors, thereby inhibiting proliferation
and differentiation of satellite cells [13,110]. Therefore, agents able to prevent fibrosis by reducing
TGF-β1 pathway, either directly or via modulation of upstream activating signals or epigenetic
mechanisms, may be potentially beneficial to improving regeneration in DMD.

A main anti-fibrotic action has been attempted with halofunginone (HT-100), an anti-coccidial
drug that inhibits TGF-β1 downstream signaling. This drug was described to promote satellite cell
activation and survival in vitro in cultured myofibers from 6-week-old mdx mice, as shown by increased
MyoD expression, with parallel reduction of pro-apoptotic Bax and Bcl2 [111].

As previously discussed, MMP-9 is aberrantly regulated in both DMD patients and mdx mice and
likely involved in the cross-talk between inflammation (NF-κB activation augments MMP-9 expression)
and fibrosis (MMP-9 cleaves latent TGF-β1). Early 5-week treatment with the MMPs inhibitor batimastat
(BB-94) was able to significantly reduce the mRNA expression of a variety of MMPs, including MMP-9,
NF-kB, TNF-α, and TGF-β1 in mdx mice; at the histological level, batimastat-treated GC muscles showed
significantly reduced fibrosis; and accumulation of macrophages, CNF, and embryonic MyHC-stained
myofibers, paralleled by an increase in utrophin protein expression, measured by Western blot [89,112].
TGF-β1-mediated fibrosis and prevention of proper muscle tissue regeneration is also sustained by
the increased expression of connective tissue growth factor (CTGF/CCN2) in DMD patients and mdx
mice, where CTGF is mainly detected in regenerating fibers and in the interstitium between damaged
fibers [110]. FG-3019 is an anti-CTGF antibody, found to control muscle damage and improve function
in mdx mice after a 2-month treatment. However, the ability of FG-3019 to reduce necrosis (less uptake
of Evans Blue dye) and fibrosis, implied also a concomitant reduction of regenerating activity, as shown
by decreased levels of embryonic MyHC and Myog [113]. FG-3019 is now being tested in Phase II
clinical trials on DMD boys (NCT02606136); again, the search of biomarkers of regeneration in patients
would be useful.

The pharmacological inhibition of TGF-β superfamily member myostatin is considered as
another attractive therapeutic option for DMD patients, for both increasing muscle mass and helping
regeneration via reduction of the non-permissive pro-fibrotic environment [114]. Very recently, Wagner
et al. demonstrated that the delivery of a myostatin inhibitor (RK35) in tibialis anterior (TA) muscle of
dystrophic mdx-5Cv mice, mediated by a biological hydrogel scaffold, was able to modulate muscle’s
immune microenvironment, by promoting a pro-regenerative macrophage polarization, facilitating
the M1 to M2 transition, and facilitating the consequent production of anti-inflammatory cytokine
IL-10 [115].

In this general frame, also the epigenetic modulation of myostatin/follistatin axis via histone
deacetylase inhibitors (HDACi) deserves attention. In particular, the HDACi givinostat was found
to induce a functional improvement in vivo in mdx mice, and importantly, a reduction of neutrophil
granulocytes evaluated by IF for myeloperoxidase in TA muscle used to quantitate the magnitude of
inflammation associated with muscle degeneration [116]. In the clinical setting, a 12-month treatment
with givinostat in a Phase II study on DMD boys, significantly decreased total fibrosis, necrosis, and
adipose tissue replacement, in parallel to increasing myofibers size, although no direct regenerative
biomarker was assessed. Now, a safety and efficacy Phase III multicentre study is ongoing in ambulant
patients (NCT02851797; [117]). By the way, the ability of HDACi to enhance regeneration also via nitric
oxide (NO) pathways [118] is a main working hypothesis that would deserve to be specifically verified
at both preclinical and clinical levels.

Other important approaches to control dystrophic muscle fibrosis are those acting through
a multifaceted mechanism or on prime signals in fibrotic pathways, such as angiotensin II-related
ones [87]. In mdx mice, a 6-month treatment with the antihypertensive losartan, an angiotensin-II type
1 receptor blocker, was found to decrease angiotensin II-mediated TGF-β1 signaling, with marked
in vivo functional improvement. At the histological level, it attenuated disease progression and
improved regeneration, measured as an increase in neonatal MyHC [119]. Interestingly, we reported
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that early treatment in mdx mice with the ACE inhibitor enalapril exerted mainly an anti-oxidant
and anti-inflammatory action (via NF-κB inhibition). CNF percentage was reduced in GC muscle of
treated mice, while the increase in gCl of EDL muscle could be related to a reduction of the direct
action of ANGII on ClC-1 channel, more than to an enhanced regeneration [86]. This underlines
how the disease phase is relevant in determining a different drug response and to observe an effect
on regeneration efficiency, which can be more likely to be appreciated after a long-lasting control of
the niche environment.

This simple hypothesis is not fully supported by data with other drugs which may exert an
anti-fibrotic action in dystrophic muscles. Metformin (MET), a well-known anti-diabetic drug, has been
repurposed in combination with NO-donors in clinical trials on DMD patients (NCT01995032). Recent
reports described the ability of MET to directly inhibit TGF-β1-SMAD 2/3 mediated fibrosis [120].
Accordingly, we disclosed that a 20-week treatment with MET in mdx mice exerted a potent,
metabolism-independent anti-fibrotic action evidenced by a significant functional and structural
improvement, accompanied by decreased TGF-β1 levels in GC muscle. However, no significant
changes were observed on histological biomarkers of regeneration, i.e., CNF proportion. Then, it
is feasible that the molecular mechanism underlying the anti-fibrotic action (still under clarification
for MET) or other parallel mechanisms can define the outcome on regeneration efficiency [121].
Interestingly, Pavlidou et al. recently reported that, in C57BL/6 mice, MET delayed satellite cell
activation and maintained quiescence (as shown by reduced Pax7 protein expression) [44].

In our laboratory, the effects on fibrosis and regeneration biomarkers in mdx mice were also
investigated after a treatment of 4 or 12 weeks GLPG0492, a non-steroidal selective androgen receptor
modulator (SARM), proposed as a potential anabolic therapy for DMD patients. GLPG0492 reduced
fibrosis and TGF-β1 levels in DIA muscle; however, neither histological signs of regeneration nor an
increase in the expression of regeneration-related genes (Myog, follistatin, or IGF-1) was found [122],
in spite of the fact that androgen receptor modulation is supposed to enhance myogenesis [123].
In parallel, the anticancer drug tamoxifen, a selective oestrogen receptor modulator (SERM), was
shown to act as a ROS scavenger and inhibitor of fibroblast proliferation. Dorchies et al. tested
the effects of long-term treatment with tamoxifen in the mdx-5Cv strain, which was found to induce
a slower dystrophic phenotype, by reducing DIA muscle fibrosis and increasing CNF proportion [124].
Tamoxifen has been granted the designation of orphan drug by European Medicines Agency in 2017,
and is currently under evaluation in a Phase III multicentre trial in DMD patients (NCT03354039).
The apparent controversial results can be due to the different pathways modulated by the drugs that
need in turn to be interpreted in the frame of the pathology-related events. Interestingly, estrogen
receptor EERα in skeletal muscle is known to be an auxiliary co-activator of PGC-1α in enhancing
endogenous anti-oxidant response and mitochondrial oxidative metabolism [125–127]. A role of
the latter in satellite cells’ activation and stem cell niche has been proposed [127].

4.5. Pharmacological Approaches to Enhance Satellite Cell Myogenic Capacity

Besides cell-based therapies and gene replacement strategies aimed at satellite cell reprogramming
in DMD, new pharmacological interventions have been recently explored to target muscle stem cell
microenvironment and stimulating intrinsic repair (see Table 4). Asymmetric cell division plays a pivotal
role in the maintenance of the satellite cell pool. The granulocyte colony-stimulating factor receptor
(G-CSFR) is asymmetrically segregated during muscle stem cell division and the G-CSF/G-CSFR axis
supports long-term muscle regeneration in mice. Filgrastim, a G-CSF analogue currently being tested
for efficacy and safety in a Phase I study on DMD patients (NCT02814110), increased myocytes and
improved regeneration in mdx mice [128].

A treatment with the secreted factor Wnt7a, which drives the symmetric expansion of satellite
cells [129,130], resulted in increased specific muscle force and reduced contractile damage in mdx mice.
In parallel, it induced hypertrophy and a shift toward slow-twitch in human primary myotubes [19].
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β1-integrin is another essential niche molecule that maintains satellite cell homeostasis, sustaining
the expansion and self-renewal of the stem cell pool during regeneration. The exogenous administration
of β1-integrin enhanced regeneration in vitro and also muscle function in vivo in mdx mice [131].

Interesting preclinical results were also obtained via pharmacological inhibition of p38MAPK,
which is aberrantly regulated in regenerating dystrophic muscles, although the exact mechanism
and the link with regeneration and myogenesis remains to be better determined. Treatment with
the p38MAPK-inhibitor SB731445 in the Sgcd−/− mouse model was able to ameliorate the dystrophic
phenotype and to improve the self-renewal of satellite cells [132].

Finally, unacylated ghrelin (UnAG) is a circulating hormone that protects muscle from atrophy,
promotes myoblast differentiation, and enhances ischemia-induced muscle regeneration. UnAG was
found to reduce muscle degeneration, improve muscle function, and increase dystrophin-null SC
self-renewal in mdx mice, maintaining the satellite cell pool [133]. These first preclinical observations
support the use of drugs aiming to directly restore polarity and proper mitotic division of satellite cells,
as part of DMD therapy in the future, although a larger body of evidence regarding the mechanisms
underlying their effects in dystrophic muscles will be needed to improve data translatability.

Table 4. Pharmacological approaches targeting niche homeostasis in DMD. Synthetic overview of drugs,
new or repurposed, targeting the muscle stem cell niche microenvironment in dystrophic muscles
by acting on inflammation, fibrosis, or self-renewal, and of their effects on regenerative biomarkers
in mdx mice muscles. For drugs translated into clinical settings, the stage of development in DMD
patients is indicated, and for repurposed drugs, the approval for other pathological conditions. *
ClinicalTrials.Gov identifiers.

Some Novel Pharmacological Strategies Potentially Targeting the Niche Microenvironment in DMD

Drug Molecular Target
Direct/Indirect Effects on

Regeneration
(mdx Mouse Model)

Clinical Status References

Inhibition of inflammation

vamorolone
(VBP15) NF-κB

• Reduced NF-κB and TNF-α
expression (qRT-PCR, IF)

• Reduction of inflammatory
foci (H&E)

Phase II
NCT02760264,
NCT03038399,

NCT02760277 *

[91]

CAT-1004
(edasalonexent)

CAT-1041

IκB kinase/NF-κB
complex

• Reduced activated p65
NF-κB, IL-6 and
osteopontin protein
expression (WB)

Phase II
(edasalonexent)
NCT02439216

[96,97]

NEMO-binding-
domain peptide IκB kinase

• Reduced activated p65
NF-κB (EMSA)

• Reduced macrophage
infiltrates (H&E)

- [99,100]

etanercept
(Enbrel®) TNF-α

• Increased EDL myofibers
gCl (electrophysiology)

• No direct regeneration
index observed

FDA-approved for
rheumatoid
arthritis and

psoriasis,
no trials for DMD

[101]

332



Cells 2020, 9, 1659

Table 4. Cont.

Some Novel Pharmacological Strategies Potentially Targeting the Niche Microenvironment in DMD

Drug Molecular Target
Direct/Indirect Effects on

Regeneration
(mdx Mouse Model)

Clinical Status References

NSAIDs and
COXIBs

COX1 and/or
COX2

• Reduced macrophage
infiltrates (H&E)

• No confirmed effects
on regeneration

• Meloxicam: possible
interference with
cytoprotective
prostaglandin PGE2

Anti-inflammatory
agents [101,102]

HQL-79,
TAS-205

hematopoietic
prostaglandin D

synthase

• Suppressed muscle
necrosis (H&E)

• No interference with
myogenic PGs

• No specific results
available on their
regenerative potential

Phase I
(TAS-205)

NCT02246478
[103,104]

IL-6
neutralizing

antibody
IL-6

• Improved the homeostatic
maintenance (upregulation
of Pax7, MyoD1, Myog, IL-4,
and Wnt7a
gene expression)

• Increased inflammation
with no functional
improvement also reported

- [106,108]

IL-1Ra anakinra
(Kineret®) IL-1β pathway

• No significant modification
of disease-related
regenerative parameters

FDA-approved for
arthritis [134]

flavocoxid COX1, COX2,
5-lipoxygenase

• Reduced necrosis and
macrophage infiltrates; no
variation in CNF
percentage (H&E)

• Increased number of
Myog-positive nuclei (IHC)

- [109]

pentoxifylline phosphodiesterase
enzymes

• Improved histopathology
with no variation in CNF
percentage (H&E)

• Increased NCAM-positive
area (IHC)

• Increased cAMP in satellite
cells in vitro

Antithrombotic
agent [74]

N-acetylcysteine wide anti-oxidant
action

• Reduced NF-κB activation
and ROS

• Reduced CNF percentage
(H&E)

• Increased utrophin and
β-dystroglycan levels
at sarcolemma

Mainstay therapy
for acetaminophen

toxicity
[70]
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Table 4. Cont.

Some Novel Pharmacological Strategies Potentially Targeting the Niche Microenvironment in DMD

Drug Molecular Target
Direct/Indirect Effects on

Regeneration
(mdx Mouse Model)

Clinical Status References

Inhibition of Fibrosis

halofunginone
(HT-100)

TGF-β1
signalling

• Promoted satellite cell
activation (increased MyoD
protein expression) and
survival (reduced Bax, Bcl2
protein expression) in vitro
(IF, WB)

Anti-coccidial
agent [111]

batimastat
(BB-94) MMP-9

• Reduced mRNA
expression of MMP-9,
NF-kB, TNF-α and TGF-β1
(qRT-PCR)

• Reduced MMP-9
enzymatic activity

• Reduced fibrosis,
macrophage infiltrates and
CNF (H&E, Sirius Red)

• Reduced embryonic MyHC
and increased utrophin
expression (WB)

Anticancer agent [89,112]

FG-3019 antibody CTGF

• Reduced muscle necrosis
(Evans Blue)

• Decreased regeneration
(lower levels of embryonic
MyHC and Myog)

Phase II
NCT02606136 [113]

RK35 myostatin

• Biological
scaffold–mediated delivery

• Promoted M1 to M2
macrophage transition and
increased IL-10 release

(IHC, IF, qRT-PCR,
in vivo/in vitro assays)

- [115]

givinostat
histone

deacetylase
(HDAC)

• Reduction of neutrophil
granulocytes (IF
for myeloperoxidase)

• In DMD boys: successfully
completed Phase II study;
no direct biomarker of
regeneration assessed

Phase III
NCT02851797 [116–118]

losartan ANG II type 1
receptor blocker

• Decreased ANG
II-mediated TGF-β1
signalling pathway

• Increased neonatal MyHC
(H&E, IF)

Antihypertensive
agent [119]

enalapril
angiotensin-
converting

enzyme

• Early treatment reduced
CNF (H&E)

• Increased EDL
myofibers gCl

Antihypertensive
agent [86]
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Table 4. Cont.

Some Novel Pharmacological Strategies Potentially Targeting the Niche Microenvironment in DMD

Drug Molecular Target
Direct/Indirect Effects on

Regeneration
(mdx Mouse Model)

Clinical Status References

metformin AMPK

• Decreased muscular
TGF-β1 (ELISA)

• No changes in structural
regenerative biomarkers
(e.g., CNF proportion)

• Maintained quiescence and
reduced Pax 7 in healthy
mice (IF, WB)

Phase III
NCT01995032 [44,121]

GLPG0492 androgen
receptor

• Reduced muscular
TGF-β1(ELISA)

• No increase of Myog,
follistatin or IGF-1
(qRT-PCR)

- [122]

tamoxifen oestrogen
receptor

• Reduced muscle fibrosis
and increased CNF
proportion (H&E)

EMA Orphan Drug
Designation (2017)

Phase III
NCT03354039

[124]

Promotion of Self-renewal

filgrastim
(G-CSF analogue) G-CSFR

• Increased satellite cells and
Pax 7 (IF)

Phase I
NCT02814110 [128]

Wnt7a

activation of
“planar cell

polarity
pathway”

• Hypertrophy and
slow-twitch fiber shift (in
human myoblasts cultures)

- [129]

β1-integrin MAPK Erk, AKT

• Enhanced regeneration
in vitro

• Maintained
the responsiveness of
the niche to Fgf2

- [131]

SB731445 p38MAPK

• Treatment in the Sgcd−/−
dystrophic mouse model
improved satellite
cells self-renewal

- [132]

unacylated ghrelin

GHS-R;
pleiotropic,

tissue-specific
hormonal activity

• Reduced
muscle degeneration

• Preserved the satellite cell
pool at later stage
of pathology

- [133]

Abbreviations: ANG II, angiotensin II; AMPK, AMP-dependent protein kinase; Bax, Bcl-2-associated X protein; Bcl2,
B-cell lymphoma 2; CNF, centronucleated fibers; COX1, COX2, cyclooxygenase 1 and 2; COXIBs, cyclooxygenase
2 inhibitors; CTGF, connective tissue growth factor; EMSA, electrophoretic mobility shift assay; Fgf2, fibroblast
growth factor 2; G-CSFR, granulocyte colony stimulating factor; GHS-R, growth hormone secretagogue receptor;
IL-1Ra, interleukin 1 receptor antagonist; NSAIDs, nonsteroidal anti-inflammatory drugs; PG, prostaglandin; ROS,
reactive oxygen species; Wnt7a, wingless-type MMTV integration site family, member 7A.
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5. Discussion

Satellite cells are muscle-committed stem cells resident in skeletal muscle, importantly contributing
to muscle growth and differentiation, and allowing an efficient repair process after damage. Multiple
intrinsic and extrinsic factors are involved in the orchestration of this complex process, thereby
fascinating scientists for potential applications in the field of regenerative medicine, and for developing
drugs able to counter progressive muscle wasting disorders, by enhancing an efficient repairing
process in inherited or acquired conditions. DMD is a prototype of the efforts in this field, due to
the intense research aimed at identifying potential therapies. DMD in fact has no cure; the progressive
muscle degeneration is directly related to the events following the primary defect, which are related in
a complex cross-talk, to the inefficient regeneration process. Accordingly, satellite cells are believed to be
pivotal in determining disease outcome, since the exhaustion of the satellite cell pool causes the absence
of a turning point of this muscle disorder. Intrinsic defects of satellite cells, due to the absence of
dystrophin, have been described, and the role of the niche in the exhaustion of the satellite cell pool
is still debated. As a matter of fact, the niche environment seems to be paramount in the ability of
satellite cells to repair the continuous cycles of degeneration/regeneration happening in DMD [15,17,20].
Satellite cells’ niche is disrupted over time by the inflammation and fibrosis occurring as the disease
progress. Therefore, while the effort to treat the primary defect is still the main target of the scientific
community, drugs able to act on muscle environment deserve to be taken into consideration. This
approach concerns both novel drugs and repurposed ones, the latter having the additional advantage
of a more rapid translational potential from bench to clinic. Drugs with the best clinical potential
would ideally target main pathogenic events, reducing damage in parallel, making repair efficient.
Knowing all that, we took advantage of the large amount of preclinical data obtained in our and other
laboratories with the main aim of summarizing the available evidence of a potential drug action on
regenerative efficiency via a direct or indirect action on stem cell niche and satellite cells.

As reviewed here, there are many promising compounds able to improve muscle regeneration,
and even glucocorticoids have a positive outcome in improving myofiber regeneration and enhancing
the maturation process, mostly in relation to the regimen approach, which may in part account for their
clinical efficacy. Importantly, the complex and not fully clear action of glucocorticoids in dystrophic
muscle, and mostly in the satellite cell niche, deserves to be better investigated, as these drugs are able
to counter degeneration while sustaining the regeneration process.

In particular, drugs acting on different ILs and other inflammatory cytokines are promising [90,
100,104] and should be investigated in more depth. These drugs can take advantage of studies
performed in DMD patients, and possibly gain better insight by looking at biomarkers of regeneration.
Importantly, great progress has been made to identify reliable non-invasive biomarkers of both
pathology progression and regeneration and drug efficacy. These will greatly help the translational
assessment of therapy efficacy in the stem cell niche [42,66–83]. In a general situation, even if it is not
clear yet whether is the exhaustion of the satellite cell pool or niche disruption drives the pathological
progression, we know that drugs acting either on the amelioration of the niche environment or satellite
cells’ asymmetric division could be good candidates to slow down DMD.

At the same time, what we have learned from a complex disease such as DMD is that the outcome
of drug action on regeneration efficiency is not always straightforward in spite of robust hypotheses and
a clear mechanism of action. Interestingly, among novel potential therapies, our analysis of literature
data enlightened that drugs purely directed against inflammatory molecules (e.g., TNF-α, NF-κB)
are mostly able to reduce muscle damage but not improve regeneration, whilst several therapeutic
interventions inhibiting or modulating molecules with a pleiotropic action seem to positively impact
regenerative biomarkers, in parallel with controlling damage. These molecules, i.e., myokine IL-6,
pro-fibrotic TGF-β1, c-AMP dependent pathways and estrogen receptors, and all self-renewal mediators
(e.g., G-CSF, Wnt7a, β1-integrin, p38MAPK, ghrelin derivatives), represent potential therapeutic targets
of new/repurposed drugs for DMD to specifically support regeneration efficiency, via a direct action
on satellite cells or by improving niche environment. In parallel, the effects on regeneration via
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the pharmacological modulation of other promising targets, e.g., HDACs and ANGII pathways, need
to be further explored. In particular, this topic will grant further insight into the specific roles in
the regeneration process of different HDAC isoenzymes, and roles in alternative pathways of the RAS
system, such as those mediated by ANG 1-7 via MAS receptor [86,87,118].

Then, we still need to understand key aspects of this multi-actor process that in turn have to
be approached at different levels. In fact, there are major key players in disease progression and
homeostasis maintenance, and it is reductive to assess that the disease progression is caused by
the exhaustion of the satellite cells’ niche. Then, combined strategies may work in synergy and
such synergy may also occur with innovative molecular or cell therapies able to restore dystrophin
expression. In fact, drugs able to address regeneration efficiency, although they will not cure, create ideal
circumstances to sustain therapies aimed at correcting primary DMD defects, by creating a healthier
environment. This has not been done yet, and the possible outcomes are not predictable, although they
would ideally be of high clinical relevance.

In addition, the possibility to enhance our understanding of drug targetable events in myogenesis
may also help to improve the in vitro approach of tissue engineering for building up both experimental
platforms for drug discovery and simulation of reparative medicine.
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Abstract: Skeletal muscle repair/regeneration may benefit by Platelet-Rich Plasma (PRP) treatment
owing to PRP pro-myogenic and anti-fibrotic effects. However, PRP anti-fibrotic action remains
controversial. Here, we extended our previous researches on the inhibitory effects of PRP
on in vitro transforming growth factor (TGF)-β1-induced differentiation of fibroblasts into
myofibroblasts, the effector cells of fibrosis, focusing on gap junction (GJ) intercellular communication.
The myofibroblastic phenotype was evaluated by cell shape analysis, confocal fluorescence
microscopy and Western blotting analyses of α-smooth muscle actin and type-1 collagen expression,
and electrophysiological recordings of resting membrane potential, resistance, and capacitance.
PRP negatively regulated myofibroblast differentiation by modifying all the assessed parameters.
Notably, myofibroblast pairs showed an increase of voltage-dependent GJ functionality paralleled
by connexin (Cx) 43 expression increase. TGF-β1-treated cells, when exposed to a GJ blocker,
or silenced for Cx43 expression, failed to differentiate towards myofibroblasts. Although a minority,
myofibroblast pairs also showed not-voltage-dependent GJ currents and coherently Cx26 expression.
PRP abolished the TGF-β1-induced voltage-dependent GJ current appearance while preventing Cx43
increase and promoting Cx26 expression. This study adds insights into molecular and functional
mechanisms regulating fibroblast-myofibroblast transition and supports the anti-fibrotic potential of
PRP, demonstrating the ability of this product to hamper myofibroblast generation targeting GJs.

Keywords: α-smooth muscle actin; confocal microscopy; connexin 43; connexin 26; fibrosis; gap
junctions; myofibroblasts; Platelet-Rich Plasma; skeletal muscle; transforming growth factor (TGF)-β1

1. Introduction

Adult skeletal muscle can efficiently repair/regenerate after focal damages [1]. Several studies
showed that many different cell types endowed with inducible myogenic potential, residing within
the muscle tissue or recruited via the blood, might contribute to the formation of nascent contractile
myofibers [2–6]. Nevertheless, muscle resident satellite cells are widely recognized as the main
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players in the repair/regenerative processes [7,8]. After focal injuries, satellite cells undergo activation
to essentially recapitulate the steps of embryonic and fetal myogenesis forming new myofibers or
fusing with injured myofibers to repair the damage [1,9]. To accomplish their task, satellite cells
(but even the myogenic non-satellite cells), require the establishment of a suitable and conductive
surrounding microenvironment. This essentially includes pro-myogenic factors, biochemical and
physical pro-myogenic signals, juxtacrine, and paracrine interaction with different interstitial nursing
cells and a spatially and temporally limited reparative fibrotic response [1,10–15].

1.1. Fibrotic Response in Skeletal Muscle

The activation of fibrogenic pathways represents an adaptive physiological response of tissues,
including skeletal muscle, to damage. A crucial process in such a fibrotic response is represented by
the differentiation of fibroblasts resident in the extracellular matrix (ECM) towards myofibroblasts [16].
This is essentially promoted by the combined action of pro-fibrogenic agents, such as transforming
growth factor (TGF)-β1, mainly released by infiltrating inflammatory cells (particularly macrophages)
at the site of the injury and by the fibroblasts/myofibroblasts itself, and mechanical stimuli coming
from the damaged microenvironment [16,17]. Myofibroblasts are characterized by a prominent
rough endoplasmic reticulum, typical of collagen-synthetically active fibroblasts, by the de novo
expression of α-smooth muscle actin (α-sma) within well-assembled stress fibers that confers contractile
properties to the cells. Stress fibers are anchored to fibronexus, a specialized focal adhesion complex
on the myofibroblast surface, to link intracellular actin filaments with extracellular fibronectin fibrils.
Through fibronexus, the force generated by stress fibers can be transmitted to the surrounding ECM,
and vice-versa the ECM mechanical signals can be transduced via this mechano-transduction system
into intracellular signals [18]. Moreover, even if myofibroblasts are not regarded as electrically excitable
cells, they show peculiar biophysical properties and trans-membrane ion currents typical of smooth
muscle cells. In this regard, it has been reported that human atrial myofibroblasts can express a Na+

current (INa) and biophysical properties that could give rise to regenerative action potentials [19,20].
In addition, myofibroblasts typically show the inward-rectifier K+ current (Ikir), which especially
increases under TGF-β1-treatment [21–24]. In physiological conditions, the permanence and function of
myofibroblasts after muscle damage are temporally and spatially limited. Indeed, they are responsible
for the deposition of ECM components to form a transient contractile scar essentially required to rapidly
restore tissue integrity and preserve muscle function, to support activated SCs and the nascent myofibers
mechanically. Once the tissue regeneration has taken place, the scar will be degraded thanks to the
balanced and finely tuned activity of proteolytic enzymes selectively digesting individual components
of ECM, namely matrix metalloproteinases (MMPs), and of their specific tissue inhibitors (TIMPs), that
are mainly secreted by different cells including, among others, fibroblasts and inflammatory cells [25].
Myofibroblasts progressively disappear, undergoing apoptosis and/or senescence or reverting to a
quiescent state [26,27]. By contrast, the persistence of myofibroblasts in an activated state has been
associated with an aberrant maladaptive reparative response to chronic or extended damage leading
to the formation of a permanent scar replacing the normal functional tissue and hampering the
endogenous cell mediated-mechanism of muscle regeneration [10,16,17,28,29]. Therefore, therapies
aimed to limit myofibroblast generation and functionality may result strategical and effective for
preventing tissue fibrosis development and thus promoting the regeneration of damaged muscles.

1.2. PRP as an Anti-fibrotic Agent

In this regard, Platelet-Rich Plasma (PRP)—defined as a plasma fraction with a concentration
of platelets above baseline levels and representing a source of numerous biologically active
molecules—may offer promising perspectives [30]. Indeed, many in vitro and in vivo studies have
demonstrated the anti-fibrotic potential of this blood product in different tissues [31–38], including
skeletal muscle [30,39–46], and have indicated the fibroblast-myofibroblast transition as the cell process
target of its action [31–33,36,38,44,47,48]. Furthermore, the positive contribution of PRP to skeletal
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muscle regeneration has been demonstrated either in vivo or in vitro, thanks to its capability to
promote the myogenic program [30]. Nevertheless, the anti-fibrotic potential of PRP needs to be
investigated more in-depth, and the molecular targets of the action of this plasma product need to be
clearly identified.

1.3. Gap Junction Intercellular Communication (GJIC)

The gap junction (GJ) channels are dynamic membrane domains built of two docking hemichannels
called connexons assembled in the plasma membranes of two adjacent cells. Each connexon is a
hexameric structure consisting of six transmembrane proteins named connexins (Cxs) that may have
different molecular weights [49] and form an aqueous pore. The opening of these channels allows the
flow of ions and small molecules (less than 1000 MW molecular weight size fractions) such as sugars,
amino acids, oxygen, as well as second messengers such as cAMP, inositol phosphates, and calcium
directly from one cell to another. The type of molecules (second messengers) passing through GJs
can be influenced by the Cx isoform composition of the GJ channels. When the Cx isoforms are of
the same type within a hemichannel, the resulting structure is called homomeric, whereas it is called
heteromeric if more than one Cx isoform is present. The GJ channels composed of two identical
hemichannels are named homotypic, and those consisting of two different hemichannels are named
heterotypic. These two types of GJ channels exhibit peculiar and different gating properties influencing
their voltage sensitivity [50]. GJIC is proposed to play a role in regulating the fibroblasts transition
towards myofibroblasts as well as to be involved in the functional coupling of myofibroblasts to
coordinate their activity [18,51–54]; however, GJ channel functionality and Cx composition during the
phenotypic progression of fibroblasts into the myofibroblasts have not been fully elucidated yet and
deserve more attention.

In the present in vitro study, by combining morphological, biomolecular, biochemical,
and electrophysiological analyses, we extended our previous researches further exploring the potential
molecular targets of the inhibitory action of PRP on myofibroblast generation. In particular, we focused
the attention on the GJIC. The experimental model to evaluate fibroblast to myofibroblast transition
has been previously validated [23,24,48,55–57] and consists in the culture of the cells in low serum
conditions in the presence of TGF-β1. The treatment with PRP was also conducted as previously
reported [48,57,58].

Here, while confirming the anti-fibrotic potential of PRP we provide the first experimental
evidence that voltage-dependent GJ functionality and the expression of Cx43, a typical Cx forming
voltage-dependent connexons, are important mechanisms by which TGF-β1 endorses fibroblasts
differentiation towards myofibroblasts, and that PRP treatment hampers this effect. Moreover, we also
demonstrated the involvement of not-voltage dependent GJs and Cx26, a typical Cx type forming not
(or at least, scarcely) voltage-dependent connexons.

2. Materials and Methods

2.1. Platelet-Rich Plasma (PRP) Preparation

For the present experiments, thawed ready-to-use activated PRP aliquots classified as not suitable
for transfusion-infusion purposes previously prepared and stored at −80 ◦C were used [48]. Briefly,
PRP was collected from the blood of healthy adult donors subjected to plasma-platelet apheresis
(Haemonetics MCS®, Haemonetics, Milan, Italy) as previously reported in detail [57]. The final
platelet concentration in each PRP (without leukocytes) aliquot was 2 × 106 platelets/μL. Platelet
activation was induced by the addition of a calcium digluconate solution (10%). The donors gave their
written informed consent to allow the use of PRP for in vitro experimentations for which the Ethical
Committee’s approval is not required. PRP treatment was performed as previously reported [48,57].
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2.2. Cell Culture and Treatments

Murine NIH/3T3 fibroblastic cells were obtained from American Type Culture Collection (ATCC,
Manassas, VA, USA). The cells were grown in proliferation medium (PM), consisting of Dulbecco’s
Modified Eagle’s Medium (DMEM; Sigma, Milan, Italy) containing 4.5 g/L glucose supplemented
with 10% fetal bovine serum (FBS) and 1% penicillin/streptomycin (Sigma), at 37 ◦C in a humidified
atmosphere of 5% CO2. Fibroblastic cells were induced to differentiate into myofibroblasts by shifting
them in differentiation medium (DM) consisting of DMEM supplemented with 2% FBS and 2 ng/mL
TGF-β1 (PeproTech, Inc., Rocky Hill, NJ, USA) for 48 h and 72 h, as previously reported [48]. In parallel
experiments, to estimate the influence of PRP on fibroblast-myofibroblast transition, PRP was added
to DM (1:50) [48,57]. In some experiments, the cells were cultured in PM, DM, or DM + PRP in
the presence of 1 mM heptanol (Sigma), a specific GJ blocker, to evaluate the involvement of GJs in
myofibroblastic differentiation.

2.3. Electrophysiological Records

Cell pairs were analyzed by the dual whole-cell patch-clamp technique, as previously
reported [59–61]. Both passive membrane properties and GJ functionality were investigated. To this aim,
cells were plated on glass coverslips (50,000 cells on each glass coverslips) to be located in the recording
chamber and continuously superfused at a rate of 1.8 ml/min by a Pump 33 (Harvard Apparatus) with
a physiological bath solution containing (mM) 140 NaCl, 5.4 KCl, 1.8 CaCl2, 1.2 MgCl2, 10 D-glucose,
and 5 HEPES (pH set at 7.4 with NaOH). The patch electrodes, pulled from borosilicate glass (GC
150–15; Clark, Reading, UK), were filled with the following solution (mM): 130 KCl, 10 NaH2PO4,
0.2 CaCl2, 1 EGTA, 5 MgATP, and 10 HEPES (pH was set to 7.2 with KOH). When filled, the pipette
resistance ranged between 1.5 to 3.0 MΩ. Experiments were achieved at room temperature (22 ◦C).
The set up for electrophysiological measurements was as previously reported [61] and consisted of the
Axopatch 200 B amplifier (Axon Instruments, Union City, CA), an analog-to-digital/digital-to-analog
interface (Digidata 1200; Axon Instruments), and pClamp 6 software (Axon Instruments). Currents
were low-pass filtered at 1 kHz with a Bessel filter. The passive membrane properties, membrane
resistance (Rm), and membrane linear capacitance (Cm) were consistently estimated in voltage-clamp
starting from a holding potential (HP) of -70 mV and applying a 10-mV positive and negative step pulse.
In brief, Rm was calculated using the relation: Rm = (ΔV − ImRa)/Im, where ΔV is the command voltage
step amplitude, Im is the steady-state membrane current, and Ra the access resistance [23,62]. Cm was
calculated from Cm = ΔQ(Rm + Ra)/RmΔV, corrected according to a previous report [63]. To properly
compare the currents recorded from different cells, their values were normalized to Cm, assuming that
the specific Cm was constant at 1 μF/cm2. The ratio I/Cm was intended as current density (in pA/pF).
The junction potential of the electrode was estimated before making the patch (about −10 mV) and then
was subtracted from the recorded membrane potential. The resting membrane potential (RMP) was
recorded in current-clamp mode with a stimulus waveform: I = 0 pA. The protocol of stimulation used
to record the currents flowing through GJs in voltage clamp and the recording procedure have been
previously reported [61,64,65]. In brief, cell 1 of the pair was stepped from a holding potential (HP) of
0 mV, using a bipolar 5 s pulse protocol starting at trans-junctional voltage Vj = ±10 mV and ongoing
at 20 mV increments up to ± 150 mV. The transjunctional current flowing through GJs is indicated as Ij.
Precisely, the amplitude of Ij determined at the peak was named Ij,inst (instantaneous transjunctional
current), whereas that measured at the end of each pulse is indicated as Ij,ss (steady-state transjunctional
current). These values were used to calculate the related gap junctional conductances, Gj,inst and Gj,ss,
by the ratios: Gj,inst = Ij,inst/Vj and Gj,ss = Ij,ss/Vj, respectively. The mean values of Gj,ss were normalized
to those of Gj,inst, plotted as a function of Vj and fitted, when possible, with a Boltzmann function using
the equation: Gj = (Gmax − Gmin)/(1 + exp (−A(Vj − V0))) + Gmin. In a set of experiments, heptanol (1
mM) was acutely applied to the bath solution to block gap junctional currents.
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2.4. Silencing of Cx43 Expression by Short Interfering RNA

To inhibit the expression of Cx43, the cells were cultured either in a 6-wells/plate or
on sterile glass coverslips put on the bottom of a 6-wells/plate in PM till a confluence of
80% and then transfected with a mix of short interfering RNA duplexes (siRNA; Santa Cruz
Biotechnology, Santa Cruz, CA) corresponding to 3 distinct regions of the DNA sequence of mouse
Cx43 gene (NM_010288): 5′CCCAACUGAACCUUAAGAA3′, 5′CCUCACCAAAUGAUUUCUA3′,
and 5′CCUACCAGUUUCUUCAAGU3′ and/or with a non-specific scrambled (SCR)-siRNA
(Santa Cruz Biotechnology) used as control. The siRNA transfections were performed according
to manufacturer’s instructions (Santa Cruz Biotechnology) and as previously reported [59]. Briefly,
the cells were transfected with Cx43-siRNA duplexes or SCR-siRNA (20 nM) for 24 h and then shifted
in fresh PM for additional 5 h. Thereafter, the transfected cells were cultured in DM with the addition
or not of PRP for 48 h before being processed for Western blotting or immunofluorescence analysis of
Cx43 and α-sma.

2.5. Reverse Transcription - Polymerase Chain Reaction (RT-PCR)

Cellular expression levels of Cx43 were evaluated by RT-PCR, as previously reported [48].
Briefly, according to manufacturer’s instructions, total RNA was extracted from the cells cultured
in the different experimental conditions on the wells of 6-wells/plates, by using TRIzol Reagent
(Invitrogen, Life Technologies, Grand Island, NY, USA). One μg of total extracted RNA was
reverse transcribed and amplified by using SuperScript One-Step RT-PCR System (Invitrogen,
Life Technologies). cDNA synthesis was performed at 55 ◦C for 30 min; the samples were
pre-denatured at 94 ◦C for 2 min and then subjected to 40 cycles of PCR performed at 94 ◦C for
15 s, alternating with 55 ◦C for 30 s and 72 ◦C for 1 min; the final extension step was performed
at 72 ◦C for 5 min. The mouse gene-specific primers used were as follow: Cx43 (X61576.1),
forward 5′-AACAGTCTGCCTTTCGCTGT-3′ and reverse 5′-ATCTTCACCTTGCCGTGTTC-3’;
β-actin (NM_007393), forward 5′-ACTGGGACGACATGGAGAAG-3′ and reverse
5′-ACCAGAGGCATACAGGGACA-3′. β-actin mRNA was used as an internal standard.
Blank controls, consisting of no template (water), were performed in each run. The amplified samples
were electrophoresed on 1.8% agarose gel containing ethidium bromide staining, and the intensity of
the related bands was quantified by densitometric analysis by using ImageJ 1.49v software (NIH,
https://imagej.nih.gov/ij/). Each band intensity was normalized to the relative β-actin.

2.6. Confocal Laser Scanning Microscopy

Cells grown on sterile glass coverslips in the different experimental conditions were fixed with
paraformaldehyde (PFA) 0.5% diluted in PBS for 10 min at room temperature. Fixed cells were washed
and permeabilized with cold acetone for 3 min, incubated with a blocking solution containing 0.5%
bovine serum albumin (BSA, Sigma) and 3% glycerol in PBS for 20 min and thereafter incubated
overnight at 4 ◦C with the following antibodies: mouse monoclonal anti-α-sma (1:100; Abcam,
Cambridge, UK), rabbit polyclonal anti-Cx43 (1:250; Chemicon, Temecula, CA, USA), rabbit polyclonal
anti-type-1 collagen (1:50; Santa Cruz Biotechnology), or mouse monoclonal anti-Cx26 (1:50; Sigma).
The immunoreactions were revealed by specific anti-mouse Alexa Fluor 488- or 568 conjugated IgG
or anti-rabbit Alexa Fluor 488- conjugated IgG (1:200; Molecular Probes, Eugene, OR, USA). In some
experiments the fixed cells were incubated with Alexa Fluor 488-conjugated wheat germ agglutinin
(WGA, 1:100; Molecular Probes) for 10 min at room temperature, which binds glycoconjugates
present on cell membranes, or counterstained with propidium iodide (PI, 1:30 for 30 s; Molecular
Probes), to detect nuclei. Negative controls were carried out by replacing the primary antibodies
with non-immune serum, while cross-reactivity of the secondary antibodies was evaluated in control
experiments in which primary antibodies were omitted. The immunolabeled samples were washed
and mounted with an antifade mounting medium (Biomeda Gel mount, Electron Microscopy Sciences,
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Foster City, CA, USA) to allow the observation under a confocal Leica TCS SP5 microscope equipped
with a HeNe/Ar laser source for fluorescence measurements and differential interference contrast (DIC)
optics (Leica Microsystems, Mannheim, Germany). Observations were performed by means of a Leica
Plan Apo 63×/1.43NA oil immersion objective. A series of optical sections (1024 × 1024 pixels each;
pixel size 204.3 nm) 0.4 μm in thickness were taken throughout the depth of the cells preparations at
intervals of 0.4 μm, and the images were projected onto a single ‘extended focus’ image. Densitometric
analyses of the intensity of α-sma, type-1 collagen, Cx43 and Cx26 fluorescence signals were performed
on digitized images using ImageJ 1.49v software (NIH, https://imagej.nih.gov/ij/) in 20 regions of
interest (ROI) of 100 μm2 for each confocal stack (at least 10).

2.7. Western Blotting

Total proteins extracted from the cells in the different experimental conditions were quantified,
as reported previously [48]. Forty μg of total proteins were subjected to electrophoresis on
NuPAGE®4%–12% Bis-Tris Gel (Invitrogen, Life Technologies; 200 V, 40 min) and blotted onto
polyvinylidene difluoride (PVDF) membranes (Invitrogen, Life Technologies; 30 V, 1 h). The membranes
were incubated with mouse monoclonal anti-α-sma (1:1000; Abcam), rabbit polyclonal anti-Cx43 (1:2500;
Chemicon), and mouse monoclonal anti-Cx26 (1:500; Sigma) overnight at 4 ◦C. Immunodetection
was performed according to the Western Breeze®Chromogenic Western Blot Immunodetection Kit
protocol (Invitrogen, Life Technologies). The same membranes were subjected to the immunodetection
of the expression of α-tubulin (rabbit polyclonal anti α-tubulin, 1:1000; Merck, Milan, Italy), assumed
as control invariant protein. Densitometric analysis of the bands was performed using ImageJ 1.49v
software (NIH, https://imagej.nih.gov/ij/), and the values normalized to control.

2.8. Statistical Analysis

Data were expressed as means ± standard error of the mean (S.E.M.) as a result of at least 3
independent experiments performed in triplicate. A 95% confidence level was used, assuming a normal
distribution of values. Unpaired Student’s t-test was used to compare the means of two conditions for
independent data, statistically. The one-way analysis of variance (ANOVA) for any single independent
variable was used to compare the differences between more than 2 groups and was followed by
Tukey HSD or Bonferroni’s post hoc adjustment. In electrophysiological experiments, ‘n’ indicates the
number of cells analyzed. Values of p < 0.05 were considered statistically significant. Calculations were
performed using GraphPad Prism software program (GraphPad, San Diego, CA, USA) and Microsoft
Office Excel 2013 (Microsoft Corporation, Redmond, WA, USA).

3. Results

3.1. PRP Prevented TGF-β1- Induced Fibroblast to Myofibroblast Transition

Successful in vitro differentiation of NIH/3T3 fibroblasts towards myofibroblasts induced by
the well-known pro-fibrotic factor TGF-β1 and the ability of PRP to prevent this transition were
confirmed by morphological, biochemical and electrophysiological evaluations. Fibroblasts induced to
differentiate by culturing in DM exhibited the typical features of myofibroblastic phenotype. Indeed,
as judged by Western blotting analysis, they showed a significant increase of the expression of α-sma
(p < 0.05), the most reliable marker of myofibroblasts, after 48 h and even more after 72 h of culture,
as compared to control undifferentiated cells in PM (Figure 1A,B). Moreover, the immunocytochemical
analysis at confocal microscopy, performed after 72 h of culture, confirmed the data of Western blotting
and showed that this protein was well organized along filamentous structures (Figure 1C,D,I).
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Figure 1. Evaluation of the effects PRP on fibroblast to myofibroblast transition and of the involvement
of GJs: α-sma expression. Fibroblasts were induced to differentiate into myofibroblasts by culturing in
differentiation medium (DM) in the presence or absence of PRP for 48 h and 72 h. Cells cultured in
proliferation medium (PM) served as control undifferentiated cells. In parallel experiments, fibroblasts
were cultured in PM or in DM in the presence of heptanol (HEPT), a common GJ channel blocker,
in the presence or absence of PRP for 72 h. (A,B) Western Blotting analysis of α-sma expression.
(A) Representative Blot. (B) Histogram showing the densitometric analysis of the bands normalized
to α-tubulin. (C–H) Representative confocal fluorescence images of the cells immunostained with
antibodies against α-sma (green) and counterstained with propidium iodide (PI) to detect nuclei. Scale
bar: 50 μm. (I) Histogram showing the densitometric analysis of the intensity of the α-sma fluorescence
signal performed on digitized images in 20 regions of interest (ROI) of 100 μm2 for each confocal stack
(10). Data shown are mean ± S.E.M. and represent the results of at least three independent experiments
performed in triplicate. Significance of difference: * p < 0.05 versus PM; ◦ p < 0.05 versus DM 48 h; # p <
0.05 versus DM 72 h; § p < 0.05 versus DM + PRP 48 h; & p < 0.05 versus DM + PRP 72 h; $ p < 0.05
versus PM + HEPT 72 h (One-way ANOVA followed by the Tukey post hoc test).
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Moreover, cells cultured in DM for 72 h, appeared much larger with a more polygonal shape as
compared to the cells cultured in PM which, instead, were smaller and spindle-shaped as judged by
the confocal fluorescence analysis after labeling with the membrane dye Alexa Fluor 488 conjugated
WGA (Figure 2A,B). Differentiated cells also showed a robust increase (p < 0.05) in the expression of
type-1 collagen at the cytoplasmic level and, in some cases, even outside the cells in a filamentous
form (Figure 2D,E,G).

Figure 2. Effects of PRP on fibroblast to myofibroblast transition: Cell morphology and type-1 collagen
expression. Fibroblasts were induced to differentiate into myofibroblasts by culturing in differentiation
medium (DM) in the presence or absence of PRP for 72 h. The cells cultured in proliferation medium
(PM) served as control undifferentiated cells. (A–F) Representative confocal fluorescence images of the
cells (A–C) stained with Alexa Fluor 488-conjugated WGA (green) to reveal the plasma membrane and
(D–F) immunostained with antibodies against type-1 collagen (green) and counterstained with propidium
iodide (PI), to label nuclei. Scale bar: 50 μm. (G) Histogram showing the densitometric analysis of the
intensity of type-1 collagen fluorescence signal performed on digitized images in 20 regions of interest (ROI)
of 100 μm2 for each confocal stack (10). Data are reported as mean ± S.E.M. and represent the results of at
least three independent experiments performed in triplicate. Significance of difference: * p < 0.05 versus
PM; ◦ p <0.05 versus DM (One-way ANOVA followed by the Tukey post hoc test).

The electrophysiological analysis of the passive membrane properties achieved by the whole-cell
patch-clamp technique confirmed that the cells cultured in DM acquired the myofibroblastic phenotype.
First, the resting membrane potential, RMP, was recorded and it was found that the values recorded from
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the cells cultured in DM for 48 h tended to be more depolarized compared to control undifferentiated
fibroblasts in PM, in accordance with previous observations [23,24]. The overall results from all of
the experiments done are shown in Figure 3A and Table 1. The statistical analysis of the RMP values
between the different conditions was achieved with one–way ANOVA that provided overall results for
our data. Despite the observed tendency to depolarization, the differences between the means did not
turned out to be statistically significant (p = 0.26; F = 1.45 < Fcrit = 3.15; df = 30).

We then analyzed the cell membrane resistance, Rm, in the voltage-clamp mode of our device.
As shown in Figure 3B, Rm increased after 48 h and even more after 72 h of culture in DM. The one-way
ANOVA analysis of Rm indicated statistical significance (p = 0.00010; F = 8.99 > Fcrit = 2.83; df = 50).
To know which groups were significantly different from another, we used the Bonferroni post-hoc test.
The resulting significance is indicated by the symbols depicted in Figure 3B and Table 1.

Figure 3. Effects of PRP on fibroblast to myofibroblast transition: Electrophysiological analysis of
biophysical properties. (A) Resting membrane potential (RMP, in mV) recorded in the different
conditions. Myofibroblasts have a tendency to be more depolarized. (B) Membrane resistance (Rm,
in MΩ) shows higher values in myofibroblasts grown in differentiation medium (DM) compared to
fibroblasts grown in proliferation medium (PM). (C) Membrane capacitance (Cm, in pF): Myofibroblasts
show higher values compared to the undifferentiated cells in PM. All values are reported as mean ±
S.E.M. and are listed in Table 1. * p < 0.05 versus PM; # p < 0.05 versus DM + PRP 48 h; § p < 0.05
versus DM 48 h (one-way ANOVA, followed by Bonferroni’s post hoc test).
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Table 1. Electrophysiological analysis of the membrane passive properties.

PM DM 48 h DM + PRP 48 h DM 72 h DM + PRP 72 h

RMP (mV) −62.0 ± 6.8
(n = 6)

−41.7 ± 3.75
(n = 5)

−50.2 ± 8.9
(n = 7)

−45.16 ± 4.06
(n = 7)

−47.37 ± 3.1
(n = 6)

Rm (M´Ω) 159.2 ± 31.0
(n = 6)

353.8 ± 85.9
(n = 5)

164.7 ± 17.3
(n = 14)

585.3 ± 100.9 *,#

(n=11)
436.2 ± 71.3 *,#

(n=15)

Cm (pF) 7.05 ± 1.2
(n = 6)

23.5 ± 4.7 *
(n = 9)

6.82 ± 0.5 §

(n = 9)
17.6 ± 2.9 *,#

(n = 8)
8.3 ± 0.9
(n = 14)

Data are reported as mean ± S.E.M. * p < 0.05 versus PM; # p < 0.05 versus DM + PRP 48 h; § p < 0.05 versus DM 48
h (one-way ANOVA, followed by Bonferroni’s post hoc test). The number of investigated cells is indicated by “n” in
brackets for each condition.

Similarly, the cell capacitance, Cm, of cells cultured in DM, usually assumed as an index of cell
surface, changed significantly (p = 0.0085; F = 4.52 > Fcrit = 2.86; df = 45; one way ANOVA). It tended to
increase compared to that estimated in PM (Figure 3C; Table 1), being (p < 0.05) higher for cells in DM,
especially after 48 h. These results were consistent with the observed cell morphology (Figure 2A,B).

The treatment with PRP actually counteracted the TGF-β1-induced fibroblast to myofibroblast
transition. Indeed, the cells cultured in DM + PRP exhibited a significant (p < 0.05) reduction of α-sma
(Figure 1A,B,E,I) with respect to differentiated cells in DM, together with different morphology, more
similar to that of cells cultured in PM (Figure 2C) and a significantly reduced expression of type-1
collagen (p < 0.05) (Figure 2F,G).

Of interest, the electrophysiological analyses performed on the cells cultured in DM + PRP for
the first time, revealed that Rm values tended to decrease compared to those measured in DM (p >
0.05) both after 48 h and 72 h of culture (Figure 3B; Table 1). As well, Cm values evaluated from cells
cultured in DM + PRP were significantly reduced (p < 0.05) compared to those in DM, consistent with
the observed changed morphology of these cells (Figure 3C; Table 1).

3.2. PRP Modifies Transjunctional Currents (Ij) and Gap Junctional Conductance (Gj) in Myofibroblast Pairs

Next, the transjunctional currents (Ij) were analyzed in cell pairs in different experimental
conditions by the dual whole-cell technique. Most of the fibroblast pairs cultured in PM exhibited
families of Ij current traces with a nearly heterogeneous time course. Typical tracings obtained from a
not differentiated cell pair cultured in PM are depicted in Figure 4A.

A minority of the cell pairs cultured in PM (about 20%) showed current records with a symmetrical
time course for negative and positive Vj (not shown), indicating the involvement of homotypic GJs.
Moreover, they also showed a linear Ij-Vj plot, suggesting the presence of not-voltage-dependent
connexons. By contrast, the remaining 80% of the cell pairs investigated showed a non-linear time
course. In particular, only 40% of these cells showed a symmetrical voltage dependence for positive
and negative Vj, suggesting the involvement of homotypic GJs and voltage-dependent connexons; 60%
of the cells showed asymmetrical voltage dependence (Figure 4A). This may suggest the dominant
presence of heterotypic GJs in control not differentiating fibroblasts.

We then analyzed the time course of the Ij evoked in myofibroblast pairs. Typical tracings of the Ij

evoked in cell pairs cultured in DM for 48 h or 72 h are shown in Figure 4B,C, respectively. About 25% of
these cells showed linear not-voltage-dependent Ij. Notably, about 75% of the cell pairs cultured in DM
for 48 h exhibited a non-linear time course, suggesting the prevalent expression of voltage-dependent
connexons. Only 33% of this kind of cell pairs showed an asymmetrical voltage-dependence suggesting
a minor presence of heterotypic voltage-dependent GJs in differentiating myofibroblasts. In contrast,
67% of this kind of response was symmetrical for negative and positive Vj, suggesting that the majority
of the GJs involved in this myofibroblastic population were voltage-dependent and homotypic.
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Figure 4. Time course of the transjunctional currents Ij, recorded from fibroblast and myofibroblast
pairs in the absence or presence of PRP. (A) Representative Ij tracings (in pA) recorded in response to a
bipolar pulse protocol applied to a fibroblast pair cultured in proliferation medium (PM). Note the
asymmetrical time course between the two voltage polarities with a linear response for positive Vj.
(B,C) Typical asymmetrical and almost voltage-dependent Ij tracings recorded from (B) a myofibroblast
pair cultured in differentiation medium (DM) for 48 h and from (C) a myofibroblast pair in DM for
72 h. (D,E) Representative Ij recorded from a cell pair grown in (D) DM with PRP for 48 h (DM + PRP
48 h) and (E) for 72 h (DM + PRP 72 h). Note the completely linear and symmetrical responses in the
latter condition.

After 72 h of culture in DM, we could observe an increase of the percentage of cell pairs with
symmetrical voltage-dependent responses (about 80% in 72 h versus 67% in 48 h), indicating a
progressive increase in the number of myofibroblasts exhibiting voltage-dependent and homotypic GJs.

The voltage dependence of Ij was evaluated by plotting the mean values of instantaneous currents,
Ij,inst, (Figure 5A,C,E) and the steady-state currents, Ij,ss, (Figure 5B,D,F) as a function of Vj (Ij-Vj plot).
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Figure 5. Voltage dependence of the transjunctional currents Ij, recorded from fibroblast and
myofibroblast pairs in the absence or presence of PRP. (A–F) Transjunctional current values normalized
for cell capacitance (in pA/pF), recorded from all of the fibroblast pairs cultured in proliferation medium
(PM, continuous line, n = 6), and in differentiation medium (DM) for 48 h (n = 9) and 72 h (n = 8) plotted
versus Vj. Panels A, C, and E show the Ij,inst values whereas panels B, D, and F show the Ij,ss values.
Note that the plots related to DM show different slopes. (C,D) Comparison between Ij-Vj plot obtained
from cell pairs cultured in DM for 48 h (open symbols, n = 9) and from cell pairs cultured in DM +
PRP for 48 h (filled symbols, n = 9). Adding PRP to the culture medium for 48 h, altered the Ij voltage
dependence, causing an almost complete linearity with voltage both for Ij,inst and Ij,ss. (E,F) Ij-Vj plots
related to 72 h treatments. The presence of PRP in DM for 72 h (DM + PRP 72 h, filled symbols, n = 14),
strongly reduced the mean normalized current amplitude observed in DM 72 h (open symbols, n = 8)
and altered the Ij voltage dependence, causing an almost complete linearity with voltage both for Ij,inst

and Ij,ss. All values represent mean ± S.E.M. * p < 0.05 (unpaired Student’s t-test).

Notably, from a qualitative point of view, the Ij-Vj plots showed a different shape according to the
different culture conditions, namely PM and DM 48 h and 72 h (Figure 5A,B). Ij currents recorded in
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PM showed the smallest amplitude and a scarce deviation from linearity, especially for negative Vj,
showing a similar slope for both the Vj polarities (Figure 5A,B). In contrast, the plot related to DM 48 h
was almost linear and smoother for positive Vj (Figure 5A,B). The plot related to DM 72 h showed a
kind of shoulder becoming S-shaped (Figure 5A,B). For negative Vj the resulting Ij-Vj plots showed a
different steepness compared to that observed for positive Vj, and it was similar at any time in culture
in DM for 48 h and 72 h (Figure 5A,B). Again, Ij data showing this asymmetrical Vj -dependence are
indicative of heterotypic GJ channels. The Ij evaluated both at the peak (Ij,inst) and at the steady-state
(Ij,ss) showed a progressively more marked voltage-dependence as the time in culture in DM increased.
Based on this observation, we suggest a major involvement of voltage-dependent connexons during the
differentiation time. Of note, when cells were cultured in DM + PRP for 48 h, about 75% of the cell pairs
showed a linear time course (Figure 4D), even if this kind of response was not perfectly symmetrical
for negative and positive Vj for all of the cell pairs investigated. When the mean values of all the Ij,inst

and Ij,ss recorded were plotted versus Vj, the relation resulted approximately linear and symmetrical
over the entire voltage range, clearly indicating the prevalence of not voltage-dependent homotypic
GJ channels (Figure 5C,D) in this culture condition. On the other hand, the cells cultured in DM +
PRP for 72 h exhibited only not-voltage dependent Ij (100%) (Figure 4E). Indeed, they showed a linear
response and a perfectly symmetrical time course for positive and negative Vj. Again, the Ij-Vj plot
analysis showed the Ij linearity with Vj and a marked symmetry, strongly indicating the presence of
not-voltage-dependent homotypic GJ channels (Figure 5E,F). Remarkably, for the largest voltage steps
applied, the mean current amplitudes recorded from cells cultured in DM for 72 h were statistically
different (p < 0.05; multiple unpaired Student’s t-test) to those estimated in DM + PRP at the same
time. Of note, the comparison of Ij-Vj plots in Figure 5E,F with those in Figure 5C,D indicated that the
maximal recorded normalized mean amplitude both of Ij,inst and Ij,ss resulted smaller in DM + PRP
72 h than in DM + PRP 48 h. For instance, the mean Ij,ss value estimated for the +150 mV step pulse
was 2508 ± 566 pA/pF in DM + PRP 72 h and 7801 ± 7006 pA/pF in DM + PRP 48 h (Figure 5C,D).

Therefore, the features of Ij observed in the cells cultured in DM + PRP, such as the symmetry of
the time course and the linearity of Ij,inst and Ij,ss versus voltage plots lead us to suggest a lessened
contribution of voltage-dependent connexons in this condition.

To test for the current really flowing through GJs, we added heptanol (1 mM), a regularly used
GJ channel blocker [59], to the bath solution during the recordings. The Ij was evoked from a cell
pair cultured in DM, and then records were acquired from the same cell pair. After that, heptanol
was acutely added to the bath solution. The recorded currents were significantly reduced compared
to those elicited without heptanol. The mathematical subtraction of these two sets of traces gave
the heptanol-sensitive current that is the one flowing through the GJs. In contrast, heptanol added
during the recordings to cell pairs cultured in DM in the presence of PRP usually caused only a slight
reduction of the current amplitude, suggesting a minor number of functional GJs allowing the current
flow. A typical experiment related to cell pairs cultured in DM or in DM + PRP for 72 h is shown in
Figure 6A. Only the current amplitude obtained by applying two representative voltage pulses (+130
and −30 mV) is shown as an example. Similar results were systematically observed for the bulk of
cell pairs investigated. Since the heptanol sensitive current had a very small value in DM + PRP 72 h,
we suggest a very small amount of functional GJs in the cells cultured in this experimental condition
(Figure 6B–D).
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Figure 6. Evaluation of the current flowing through the GJs by acute addition of heptanol under
different experimental conditions. (A,B) Evaluation of Ij,ss (pA) related to a typical cell pair cultured for
72 h in differentiation medium (DM, white bars on the left side of each graph) or to a cell pair cultured
for 72 h in DM + PRP (grey bars on the right). For clarity, only the current amplitude values obtained in
response to a representative voltage pulse to +130 mV is reported in A, and to −30 mV in B. The current
value recorded from the myofibroblast pair (DM 72 h) resulted clearly reduced after the acute addition of
heptanol (HEPT, 1 mM) to the bath solution (HEPT DM 72 h). The current flowing through the GJs at the
steady-state (HEPT-SENS CURRENT DM 72 h) is obtained by subtracting the current values recorded
in the presence of heptanol from those recorded in DM alone. In contrast, the current amplitude
recorded from the cell pair cultured in DM + PRP after acute addition of heptanol (HEPT DM + PRP
72 h) showed a slight reduction compared to DM + PRP 72h, having the heptanol-sensitive current a
very small value (HEPT-SENS CURRENT DM + PRP 72h). Similar results were systematically observed
for any voltage step applied in the bulk of the cell pairs investigated, suggesting a very small amount
of functional GJs expressed under PRP treatment. (C) Characteristic time course of Ij (pA) recorded
from a cell pair cultured in DM (DM 72 h) that exceptionally showed voltage independent features.
(D) The same current traces recorded after acute heptanol addition (HEPT DM 72 h). (E) Resulting
current traces (HEPT-SENS CURRENT DM 72 h) obtained by subtracting currents in D from currents
in C, and representing the small heptanol-sensitive flux through the GJs. Note the different ordinate
scale in E.

Noteworthy, even in those cell pairs cultured in DM for 72 h that exhibited not-voltage-dependent
Ij, we could still measure a heptanol-sensitive current, suggesting that also the not-voltage dependent
GJ functionality was hampered by the GJ blocker.

Finally, we analyzed the conductive properties of GJs. Intercellular current flow in cell pairs
of fibroblasts and myofibroblasts were also used to study the dependency of the gap junctional
conductance, Gj, on Vj by means of the Gj-Vj plot analysis. The related results are shown in Figure 7.

Data points obtained from cell pairs cultured in PM (Figure 7A) showed a horizontal distribution
for positive Vj, suggesting the involvement of not-voltage-dependent GJs, in contrast to the not-linear
distribution observed for negative Vj values. This asymmetrical voltage dependence of the Gj can
suggest the prevalence of heterotypic GJs in proliferating fibroblastic cell pairs. These data points
obtained from the cell pairs cultured in DM for 48 h (Figure 7B) did not follow a merely symmetrical
relationship, being almost linear for negative Vj and more bell-shaped for positive Vj. Again, this may
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be consistent with the expression of more than one Cx isoform in myofibroblasts (possibly assembling
in different combinations compared to those observed in PM) and hence confirms the involvement of
heterotypic GJ channels in this cell population. After 72 h in DM, the Gj-Vj plot showed more or less the
same shape as 48 h, but the Gj values for positive Vj resulted higher, suggesting a major contribution of
the voltage-dependent component. In contrast, Gj-Vj plots related to the cells cultured in DM + PRP
both at 48 h and 72 h were symmetrical and linear in any case, suggesting a lack of voltage-dependent
GJs. This result suggests the involvement of homotypic GJ channels in this cell population.

Figure 7. Voltage dependence of the transjunctional conductance Gj. (A,B) Voltage dependence of
the transjunctional conductance obtained by plotting Gj,ss/Gj,inst versus Vj related to (A) proliferation
medium (PM) condition (open squares, n = 6), (B) differentiation medium (DM) condition at 48 h
(open squares, n = 9) and 72 h (open circles, n = 9). These data obtained in DM show an asymmetrical
distribution that becomes more bell-shaped for positive Vj. The treatment for 72 h gave higher values
compared to 48 h, although not statistically significant (p > 0.05, multiple unpaired Student’s t-test).
(C,D) Symmetrical linear distribution observed under the concomitant treatment in DM + PRP at
(C) 48 h (filled squares, n = 9), and (D) 72 h (filled circles, n = 14). All values represent mean ± S.E.M.
Error bars are visible if they exceed the symbol size.

3.3. PRP Reduces Cx43 Expression and Increases Cx26 Expression in Differentiated Myofibroblasts

Since the electrophysiological experiments showed an increase of Ij and Gj functionality during
myo-differentiation of fibroblasts, we cultured the cells in DM in the presence of the GJ channel blocker
heptanol (1 mM) for 72 h, to test the effective involvement of GJs in myofibroblast generation. We first
analyzed the expression of α-sma in this experimental condition. As assessed by Western blotting and
confocal immunofluorescence analyses, the cells exposed to DM + heptanol exhibited a clear reduction
of α-sma expression (Figure 1A,B,F,G,I) compared to control differentiated myofibroblasts cultured in
DM, supporting a key role of the GJs in the acquisition of myofibroblastic phenotype. Of note, the cells
cultured in DM + PRP showed a more robust reduction of α-sma then those cultured in DM + heptanol,
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likely suggesting that PRP-induced prevention of fibroblast myofibroblast differentiation involves the
activation of multiple molecular mechanisms. The cells cultured in DM + heptanol + PRP showed a
significantly reduced (p < 0.05) expression of α-sma as compared to that observed in the cells exposed
to single treatment (i.e., DM + heptanol or DM + PRP).

Then, taking into consideration the increasingly marked voltage dependence of the Ij recorded
during differentiation time, we performed experiments aimed to evaluate the expression of the typical
Cx types forming voltage- dependent connexins, namely Cx43.

We found that Cx43 expression both at mRNA and protein levels significantly increased (p <
0.05) with time in the cells cultured in DM as compared to control cells in PM as judged by RT-PCR
(Figure 8A) and Western blotting analyses (Figure 8B), respectively.

Figure 8. Cx43 expression and localization during fibroblast to myofibroblast transition and related
PRP effects. Fibroblasts were induced to differentiate into myofibroblasts by culturing in differentiation
medium (DM) in the presence or absence of PRP for 48 h and 72 h. The cells cultured in proliferation
medium (PM) were used as control undifferentiated cells. (A) RT-PCR analysis of Cx43 expression
in the indicated experimental conditions. Representative agarose gel is shown. The densitometric
analysis of the bands normalized to β-actin is reported in the histogram. (B) Western Blotting
analysis of Cx43 expression. Histogram showing the densitometric analysis of the bands normalized
to α-tubulin. (C–E) Representative superimposed differential interference contrast (DIC, grey) and
confocal fluorescence images of the cells immunostained with antibodies against Cx43 (green) and

360



Cells 2020, 9, 1199

counterstained with propidium iodide (PI, red) to label nuclei. Scale bar: 30 μm. Scale bar in the
inset in D: 15 μm. Arrows indicate the localization of Cx43 at the membrane level of two adjacent
cells. (F) Histogram showing the densitometric analysis of the intensity of the Cx43 fluorescence signal
performed on digitized images in 20 regions of interest (ROI) of 100 μm2 for each confocal stack (12).
Data shown are mean ± S.E.M. and represent the results of at least three independent experiments
performed in triplicate. Significance of difference: * p < 0.05 versus PM; ◦ p < 0.05 versus DM 48 h; # p <
0.05 versus DM 72 h; § p < 0.05 versus DM + PRP 48 h (One-way ANOVA followed by the Tukey post
hoc test).

Confocal immunofluorescence analysis confirmed the increase of Cx43 expression in differentiated
cells after 48 h (data not shown) and even more after 72 h of culture in DM as compared to control
undifferentiated cells in PM (Figure 8C,D,F). Moreover, we demonstrated the protein localization either
at the cytoplasmic level or at the cell membrane level of adjacent cells (Figure 8C,D). To confirm the key
role of this Cx isoform in fibroblast to myofibroblast transition, we silenced the cells for the expression
of Cx43 by specific siRNA before culturing them in DM for 72 h (Figure 9A).

These cells exhibited a significant reduction (p < 0.05) of α-sma expression (Figure 9B,C,D,E,I)
compared to cell cultured in DM, suggesting that Cx43 was required for the differentiation process.
Of note, the cells cultured in DM+ PRP concomitantly to reduced α-sma, showed a significant reduction
of Cx43 expression (Figure 8A,B,E,F). This outcome was consistent with the electrophysiological data
showing the reduction of voltage-dependent responses in these cells. Notably, according to the results
of the experiments achieved in cells cultured with heptanol (Figure 1), the cells cultured in DM +
PRP showed reduced expression of α-sma with respect to the cells silenced for Cx43 cultured in DM
(Figure 9 B–I). Cells silenced for Cx43 expression and exposed to DM + PRP exhibited reduced α-sma
expression levels as compared to those observed in the cells exposed to single treatment (i.e., DM +
siRNA or DM + PRP) (Figure 9 B–I).

Finally, even the occurrence of a not-voltage-dependent response in myofibroblast pairs (although
in a minority) as well as of the increase of this type of response after treatment with PRP, we analyzed
the expression of a typical Cx type forming not/scarcely voltage-dependent connexons, namely
Cx26. Western blotting (Figure 10A,B) and confocal immunofluorescence (Figure 10C–H) analyses
demonstrated that Cx26 expression significantly increased in the cells after culture in DM for 48 h with
respect to undifferentiated cells cultured in PM (p < 0.05). By contrast, the cells cultured in DM for
72 h exhibited Cx26 expression levels comparable to those of undifferentiated cells. The cells cultured
in DM for 48 h in the absence or presence of PRP exhibited comparable levels of Cx26 expression
(p > 0.05). Of note, the cells cultured in DM + PRP for 72 h exhibited a slight but significant increase
(p > 0.05) of Cx26 as compared to cells cultured in the absence of PRP (Figure 10A,B,F,G,H).
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Figure 9. Effect of inhibition of Cx43 expression on fibroblast to myofibroblast transition and related
PRP effects. Fibroblasts were silenced by specific Cx43-siRNA duplexes and cultured in differentiation
medium (DM) for 48 h in the absence or presence of PRP. SCR-siRNA duplexes were used as an internal
control. (A,B) Western Blotting analysis of (A) Cx43 and (B) α-sma expression. The densitometric
analysis of the bands normalized to α-tubulin is reported in the histograms. (C–H) Representative
confocal fluorescence images of the cells double immunostained with antibodies against Cx43 (green)
and α-sma (red). Scale bar: 25 μm. (I) Histogram showing the densitometric analysis of the intensity of
Cx43 and α-sma fluorescence signal performed on digitized images in 20 regions of interest (ROI) of
100 μm2 for each confocal stack (12). Data shown are mean ± S.E.M. and represent the results of at least
three independent experiments performed in triplicate. Significance of difference: * p < 0.05 versus DM;
◦ p < 0.05 versus DM + CX43 − siRNA; # p < 0.05 versus DM + PRP (One-way ANOVA followed by the
Tukey post hoc test).
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Figure 10. Cx26 expression during fibroblast to myofibroblast transition and related PRP effects. Fibroblasts
were induced to differentiate into myofibroblasts by culturing in differentiation medium (DM) in the
presence or absence of PRP for 48 h and 72 h. The cells cultured in proliferation medium (PM) served as
control undifferentiated cells. (A,B) Western Blotting analysis of Cx26 expression. (A) Representative blot.
(B) Histogram showing the densitometric analysis of the bands normalized toα-tubulin. (C–G) Representative
superimposed differential interference contrast (DIC, grey) and confocal fluorescence images of the cells
immunostained with antibodies against Cx26 (green) showing the cellular localization of the protein. Scale
bar: 25 μm. (H) Histogram showing the densitometric analysis of the intensity of the Cx26 fluorescence
signal performed on digitized images in 20 regions of interest (ROI) of 100 μm2 for each confocal stack
(12). Data shown are mean ± S.E.M. and represent the results of at least three independent experiments
performed in triplicate. Significance of difference: * p < 0.05 versus PM; ◦ p < 0.05 versus DM 48 h; # p < 0.05
versus DM 72 h (One-way ANOVA followed by the Tukey post hoc test).
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4. Discussion

In recent years, great attention has been paid to the identification of new therapeutic agents and
treatments that may promote the repair/regeneration of damaged skeletal muscle. In such a context,
several in vitro and in vivo studies provided evidence supporting the advantage of the use of PRP
for muscle regenerative purpose [30,66]. In this line, we have recently demonstrated the capability of
PRP to either stimulate proliferation and differentiation of myogenic progenitors, including satellite
cells [58], or prevent the TGF-β1 induced differentiation of fibroblasts towards myofibroblasts [48,57].

These data led us to suggest that PRP, if properly administered along the cascade of events through
which skeletal muscle repair/regeneration proceeds (which also includes the physiological fibrotic
reparative response), could exert a double beneficial effect on the healing of injured muscle. This may
consist in the direct activation of the resident cells effectors of muscle regeneration, responsible for the
formation of new muscle fibers and, in parallel, in the modulation/prevention of an excessive fibrotic
response, thus contributing to the recreation of a more hospitable and conducive microenvironment
for muscle progenitor functionality and thus the promotion of tissue regeneration. Experiments are
ongoing in our lab aimed to assess the effects of PRP on differentiated myofibroblasts, by evaluating the
capability of this blood product to modulate their fate. The results should be of interest to support the
anti-fibrotic action of PRP. However, the ability of PRP in antagonizing fibrotic signaling pathways is
still an issue of debate. Some reports show limited effectiveness or even inefficacy of this blood-derived
product in counteracting the skeletal muscle fibrotic response [30,42,44,67–75]. The great heterogeneity
of the available PRP formulation, PRP dosage and application timing represent critical points that
may account for the reported conflicting results concerning the effects of this blood product in the
modulation of skeletal muscle tissue fibrosis.

Based on these considerations, studies aimed to support the anti-fibrotic effect of this blood
product are needed, as well as researches focused on the identification of the cellular and molecular
target mechanisms of PRP, underpinning its action.

4.1. PRP Counteracts Myofibroblast Generation

According to findings from our previous studies and other research groups [30,47,48,76,77],
here we have confirmed the ability of PRP to counteract the core cellular process of the fibrotic
response, namely differentiation of fibroblasts towards myofibroblasts induced by the pro-fibrotic
agent TGF-β1, based on: i) morphological and biochemical analyses showing that the cells treated
with TGF-β1 in the presence of PRP did not acquire a mature myofibroblastic phenotype; indeed they
rather appeared more spindle-shaped and showed either a reduction of type-1 collagen expression
and a lower expression of α-sma, that was also less organized in filamentous structure as compared to
differentiated cells; ii) the novel electrophysiological recordings of the membrane passive properties
and gap junctional functionality, showing the ability of PRP to modify such parameters with respect to
those recorded in differentiated myofibroblasts. Particularly, in the present experiments we observed
that differentiated myofibroblasts tended to have a more positive RMP and PRP treatment counteracted
this occurrence. The RMP is always critical for cell function since any small alteration of its value can
substantially change cell excitability, contractility, and other properties, such as cell migration [21].
The less positive membrane potential registered in the cells induced to differentiate in the presence
of PRP may counteract the depolarization of myofibroblasts and hamper their contractility, leading
to an altered functionality. In this regard, it was shown that depolarization causes enhancement of
ventricular myofibroblast contractility [21]. In this view, the present findings may suggest that PRP can
revert myofibroblast RMP towards a more ‘dormant’ condition, counteracting their full differentiation.

In addition, PRP action opposed the increase of Rm value observed in differentiating conditions,
showing its ability to revert the effect on the resting conductive properties induced by TGF-β1. The Rm

parameter, corresponding to the reciprocal value of the membrane conductance, Gm, gives an idea of
the total resting ionic fluxes across the membrane; thus, its physiological relevance is strictly linked to
cell excitability. Moreover, the Cm value assumed as an index of membrane surface area increased in the
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cells induced to differentiate as compared to proliferating cells. This observation was in agreement with
the morphological analysis showing that the cells tended to increase their size upon TGF-β1-induced
differentiation. Both phenomena were counteracted by PRP. Notably, the latter data are in accordance
with the electrophysiological results described in our previous report dealing with the anti-fibrotic
potential of relaxin [23].

4.2. Role of GJIC and Cx43 in Myofibroblast Generation

The main relevance of our study is the contribution toward defining the molecular and functional
mechanisms regulating TGF-β1 induced fibroblast-myofibroblast transition, highlighting the role of
GJs in this process as well as the involvement of voltage-dependent connexin isoform, namely Cx43.
In particular, we found that the majority of differentiated myofibroblast pairs exhibited an enhancement
of Ij amplitude in the course of differentiation, suggesting an increased functionality of GJs, especially
of the voltage-dependent ones, with increasing exposure time to TGF-β1. The role of GJs in this
differentiation process was confirmed by the use of heptanol, a common GJ blocker. When the cells
were induced to differentiate in the presence of heptanol, they actually failed to acquire a myofibroblast
phenotype, indicating an essential role of functional GJs in the promotion of fibroblasts differentiation
towards myofibroblasts. These data are in good accordance with previous studies showing that the
selective blockade of GJs downregulated myofibroblastic phenotype [78,79]. Therefore, it can be
stated that GJIC is of crucial importance in our cell model to regulate the fibroblast transformation
towards myofibroblast. However, a possible role of such intercellular communications in the functional
coupling of mature myofibroblasts to coordinate their activity can also be speculated [18,51–54]. In fact,
while it is well accepted that myofibroblasts are responsible for the reparative scar formation and
contraction, it is not clear yet whether they act individually or behave synchronically [78]. In this
regard, we can propose that myofibroblasts can, at least in part, act as a coordinated functional
syncytium, thus that hindering intercellular communication may represent a therapeutic target in
diseases characterized by an overabundance of these contractile cells. Another important point
is the ability of myofibroblasts to interact, by GJs, with other resident cell types of tissue globally
affecting the organ functionality [80–82]. The analysis of the transjunctional conductance, Gj, gave
some interesting information. Usually, the higher the Gj, the faster the current flows from a cell to
the adjacent one, resulting in faster propagation speed [83]. The estimated Gj is the overall result of
the total number of GJ channels docked between cells, the single-channel conductance of each GJ
channel, and their functional states (fully open, sub conductance, or closed states). The GJ functional
states can be dynamically modulated by chemicals and transjunctional voltage. The transjunctional
voltage-dependent gating is an intrinsic property in all characterized GJs. In this study, we found that
the Gj in differentiated myofibroblast pairs showed a progressively more marked voltage-dependence,
suggesting a prevalent expression of voltage-dependent Cxs in myofibroblasts. From a functional
point of view, this may reflect the need for myofibroblasts to be coupled in response to stimuli that
cause membrane potential alterations. However, myofibroblasts likely need to express a kind of Cx,
such as Cx43, whose trafficking, half-life, and regulation (by phosphorylation) can be maximally
modulated during differentiation to myofibroblast [84]. Corroborating this suggestion coming from
electrophysiological records, here we found that myofibroblasts showed an increased expression of
Cx43. Furthermore, we found that cells silenced for the expression of Cx43 did not exhibit a mature
myofibroblastic phenotype when cultured in differentiation condition in the presence of TGF-β1,
suggesting the requirement of Cx43 for fibroblast-myofibroblast transition. Collectively these data
are in accordance with the findings of our recent study [48] demonstrating an upregulation of mRNA
expression of Cx43 in TGF-β1 treated cells (i.e., myofibroblasts). As well they agree with the studies
by Asazuma-Nakamura and co-workers (2009) [85] and by Paw and co-workers (2017) [86] showing
that Cx43 positively regulated myofibroblastic differentiation of cardiac and bronchial fibroblasts,
respectively. In parallel, other studies showed that Cx43 expression is largely modulated during wound
repair, and the modulation of Cx43 expression and gap junctional communication can be beneficial to
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wound healing [87]. This process can be definitely altered by modulating Cx43 expression: wound
closure can be delayed when Cx43 is overexpressed or accelerated when the levels of epidermal Cx43
are reduced [88–91]. In line with this, the transient blockade of Cx43 functions has been shown to
reduce fibrosis as well as to promote experimental wound healing [89], and the normal GJ functions of
Cx43 seems to be important for normal fibroblast function [92]. In this regard, multiple clinical trials are
investigating Cx43 modulators and specific peptides targeting the intracellular loop, and the C-terminal
tail region of this protein appear promising [93]. Based on our present findings, showing an increase of
Cx43 expression in differentiated cells not only at the plasma membrane level but also in the cytoplasm,
it is worth mentioning that a GJ independent function of Cx43 during fibroblast to myofibroblast
transition cannot be excluded [59,94]. Taking into account the reported channel-independent influence
of Cx43 on cytoskeleton remodeling and cell migration, we may speculate a similar role [94] for stress
fiber assembly during fibroblast- myofibroblast transition.

4.3. GJs, Cx43, and Cx26 as Molecular Candidate Targets of the Potential Anti-fibrotic Action of PRP

Another main finding of this study is the compelling experimental evidence indicating, for the
first time, that GJs and Cx43 are molecular candidate targets of the potential anti-fibrotic action of PRP.
Indeed, PRP treatment affected the occurrence of voltage-dependent Ij, which was reduced at 48 h
and even abolished after 72 h of culture; concomitantly, it prevented the TGF-β1 induced increase
of Cx43 expression. Interestingly, the cells induced to differentiate in the presence of PRP mostly
exhibited scarcely/not voltage-dependent Ij along with an observed upregulation of Cx26, especially
after 48 h. We may suppose that these events reflect a compensatory mechanism to maintain a sort
of cell-to-cell communication, upon PRP treatment. In addition, we may speculate a major role of
Cx26 in this condition that may be linked to the ability of this Cx type to form hemichannels rather
than highly regulated GJs. We should point out the ability of hemichannels themselves to act as
membrane channels able to mediate cell communication with surrounding extracellular environment:
recent studies confirm a link between hemichannel-mediated ATP release and the progression and
development of fibrosis in different tissue types [95–98]. In this line, the role of Cx26 in forming scarcely
voltage-dependent GJs and/or hemichannels and the possible relation with ATP content in our cell
model is an interesting topic deserving further investigation.

4.4. Factors Released by PRP Possibly Modulating Cx Expression and GJ Functionality During
Myofibroblast Generation

Finally, it is worth mentioning that the factors released by PRP possibly modulating Cx expression
and GJ functionality during myo-differentiation process remain to be identified as well as their potential
modes of action. We have previously demonstrated that PRP contains vascular endothelial growth
factor (VEGF)-A and that, through this factor linking its receptor-1 (VEGFR-1 or Flt-1), PRP antagonizes
TGF-β1/Smad3, thus preventing fibroblast myo-differentiation [30,48]. Taking into consideration that
VEGF may modulate the expression of Cx43 and/or GJ functionality in different cell types [99–101] we
may speculate that GJs/Cx43 might represent a downstream target of VEGF-A/VEGFR-1 mediated
signaling in our experimental cell model. Studies are ongoing in our lab to assess this hypothesis.
Moreover, it is known that GJ assembly and disassembly are events highly regulated by a sequence
of protein kinase activation and phosphorylation events. This kind of regulation, as extensively
reported for Cx43, has a net effect of reducing GJ communication [102–104]. Therefore, we may also
postulate that VEGF-A or other factors released by PRP may reduce GJ/Cx43 functionality affecting
such phosphorylation events. In such a view it has been reported that insulin-like growth factor
(IGF)-1 is able to decrease gap junctional communication by inducing activation of PKCγ, enhancing
the interaction between PKCγ and Cx43 and the phosphorylation of Cx43 by PKCγ [105] in epithelial
cells. Since IGF-1 has been reported to be contained in PRP [106] and has been supposed as a potential
modulator of fibrogenic events and pathways [14,107,108], it is tempting to speculate that similar
interactions may also occur in our cell system. Therefore, the capability of PRP to counteract fibroblast
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differentiation towards myofibroblasts and its ability to modulate GJIC could also involve the IGF-1
signaling pathway. A full characterization of the releasing profile of likely cross-talking factors
present in PRP are required to understand the molecular mechanisms underpinning the action of this
plasma product.

5. Conclusions

In conclusion, the results of the present in vitro study provide the first experimental evidence that
upregulation of Cx43 and the parallel increase of voltage-dependent GJ functionality are important
mechanisms by which TGF-β1 endorses fibroblast differentiation towards myofibroblast, and that PRP
treatment hampers this effect.

The main limitations of this study rely on the in vitro experimentation on the NIH/3T3 cell line.
Obviously, the in vitro experimentation eliminates many paracrine/juxtacrine mechanisms, possibly
regulating in situ intercellular interactions and cell functionality as well as the mechanical forces exerted
by the surrounding microenvironment, including ECM stiffness, affecting cell behavior [16,18,109].
NIH/3T3 cells represent a widely used, reliable model to study fibroblast biology. We previously
demonstrated that these cells show similar behavior, in terms of differentiation marker expression and
electrophysiological parameters, to primary fibroblasts, such as human dermal fibroblasts, skeletal,
and cardiac fibroblasts [23,48,55,56]. Nevertheless, the growing evidence on functional heterogeneity
and the origin-linked response of fibroblasts to stimuli must be taken into account [110–112]. Therefore,
we acknowledge that a different experimental set using primary cultures of skeletal muscle-derived
fibroblasts could have offered in vitro findings possibly more closely related to in vivo conditions of
skeletal muscle disease and fibrosis.

Another limitation is represented by the lack of a full characterization of the growth factors
released by PRP. This should be relevant to understand better PRP mechanisms of action in the
modulation of fibroblast-myofibroblast transition and to achieve a therapeutic translation of this
approach. Furthermore, standardization of PRP preparation techniques as well as application protocols
would allow performing meaningful comparative analyses.

However, despite these aspects, this research contributes to add further insights into molecular
and functional mechanisms regulating fibroblast-myofibroblast transition. It likewise supports the
anti-fibrotic action of PRP by means of its ability to hamper myofibroblast generation, targeting GJs,
thus providing cues to novel therapeutic targets.
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Abstract: Sepsis elicits skeletal muscle weakness and fiber atrophy. The accumulation of injured
mitochondria and depressed mitochondrial functions are considered as important triggers of
sepsis-induced muscle atrophy. It is unclear whether mitochondrial dysfunctions in septic muscles are
due to the inadequate activation of quality control processes. We hypothesized that overexpressing
Parkin, a protein responsible for the recycling of dysfunctional mitochondria by the autophagy
pathway (mitophagy), would confer protection against sepsis-induced muscle atrophy by improving
mitochondrial quality and content. Parkin was overexpressed for four weeks in the limb muscles of
four-week old mice using intramuscular injections of adeno-associated viruses (AAVs). The cecal
ligation and perforation (CLP) procedure was used to induce sepsis. Sham operated animals
were used as controls. All animals were studied for 48 h post CLP. Sepsis resulted in major body
weight loss and myofiber atrophy. Parkin overexpression prevented myofiber atrophy in CLP mice.
Quantitative two-dimensional transmission electron microscopy revealed that sepsis is associated with
the accumulation of enlarged and complex mitochondria, an effect which was attenuated by Parkin
overexpression. Parkin overexpression also prevented a sepsis-induced decrease in the content of
mitochondrial subunits of NADH dehydrogenase and cytochrome C oxidase. We conclude that Parkin
overexpression prevents sepsis-induced skeletal muscle atrophy, likely by improving mitochondrial
quality and contents.

Keywords: muscle atrophy; septicemia; mitochondria; mitochondrial fusion; mitochondrial fission

1. Introduction

Sepsis is a complex syndrome characterized by an overwhelming infection that results in a severe
systemic inflammatory response. Sepsis causes diverse vascular, metabolic and endocrine abnormalities
that lead to multiple organ failure, and often result in death [1]. Amongst the very deleterious effects
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of sepsis is severe weakness, which involves both respiratory and limb skeletal muscles [2–5].
In the short term, sepsis-induced respiratory muscle weakness leads to difficulty removing patients
from mechanical ventilation, increases the risk of the recurrence of respiratory failure, prolonged
hospitalization and increased mortality [6]. In sepsis survivors discharged from the intensive care unit,
the long-term ramifications of sepsis-induced limb muscle weakness included functional impairment,
limited physical activity and poor quality of life [7].

There is currently a lack of effective therapies to either prevent or treat sepsis-induced skeletal
muscle weakness, due in large part to the fact that its molecular and cellular bases are poorly understood.
However, one clue lies at the ultrastructural level, where significant accumulations of damaged and
dysfunctional mitochondria are characteristic of sepsis-induced muscle dysfunction [8,9]. Indeed,
Bready et al. showed that, in human skeletal muscle, sepsis results in decreased complex I activity
(a key enzyme of the mitochondrial electron transfer system) and declined the ATP/ADP ratio in
skeletal muscles [10]. These defects in muscle bioenergetics were also observed in a rat model of
sepsis [11]. By studying biopsies obtained from septic patients, Fredriksson K et al. described a 30%
decrease in complex IV activity in limb skeletal muscles [12]. Several studies on experimental animals
also reported that sepsis results in decreased mitochondrial respiration [13–16] and an increase in
the mitochondrial production of reactive oxygen species (ROS) in skeletal muscle [17,18]. Sepsis has
also been shown to increase the levels of morphologically abnormal mitochondria, such as those
with disorganized cristae, translucent vacuoles and even myelin-like structures [13,19–21]. Recently,
Owen et al. showed that persistent muscle weakness in mice that have survived sepsis is associated
with abnormal mitochondrial ultrastructure, decreased respiration, decreased activity of complexes of
the mitochondrial electron transfer system and persistent oxidative damage to muscle proteins [21].

In healthy muscles, damaged or dysfunctional mitochondria are selectively recycled in a process,
known as mitophagy (selective autophagy of mitochondria), which is primarily regulated through
the PINK1-Parkin pathway. Parkin, an E3 ubiquitin ligase encoded by the Park2 gene, is a 465 amino
acid protein that translocates to depolarized mitochondria to initiate mitophagy. Parkin-dependent
mitophagy is regulated by PTEN-induced kinase 1 (PINK1), which acts upstream from Parkin.
In healthy mitochondria, PINK1 is imported into the inner mitochondrial membrane and cleaved by
PARL [22]. Cleaved PINK1 is then released into the cytosol where it is degraded by the proteasome
system. In depolarized mitochondria, the importation of PINK1 into the inner mitochondrial membrane
is blocked. PINK1 is no longer degraded and becomes phosphorylated and stabilized on the outer
mitochondrial membrane [23–26]. Phosphorylated PINK1 triggers the recruitment of Parkin to
the mitochondria. Parkin then ubiquitinates outer mitochondrial membrane proteins, including the
fusion proteins MFN1, MFN2, MIRO and TOMM20 [27]. The degradation of MFN1 and MFN2 triggers
mitochondrial fission and fragmentation, both of which are important to the recycling of mitochondria
by the mitophagy pathway [28]. The functional importance of the PINK1-Parkin mitophagy pathway
in regulating skeletal muscle mitochondrial function and quality in sepsis remains unknown. Recently,
we reported that the genetic deletion of Parkin leads to the poor recovery of cardiac function in septic
mice and increased sepsis-induced mitochondrial dysfunction in the heart [29]. We also demonstrated
that autophagy is significantly induced in the skeletal muscles of septic mice and that the induction
of autophagy is associated with increased muscle Parkin levels, suggesting that mitophagy was
induced [20,30]. However, several morphologically and functionally abnormal mitochondria were
observed in the electron micrographs of septic muscles, indicating that the mitophagy that was induced
was likely insufficient to the task of completely recycling defective mitochondria [20,30]. Based on
this reasoning, we hypothesized that enhancing mitophagy through Parkin overexpression would
attenuate the impact of sepsis on skeletal muscles and their mitochondria. To test this hypothesis, Parkin
was overexpressed for four weeks in the skeletal muscles of young mice using intramuscular injections
of adeno-associated viruses (AAVs). The cecal ligation and perforation (CLP) procedure, a widely used
model of sepsis [31], was used to induce sepsis. Sham-operated animals served as controls. We found
that Parkin overexpression prevents sepsis-induced mitochondrial morphological injury and reverses
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the decline in mitochondrial protein content. We also found that Parkin overexpression protects against
sepsis-induced myofiber atrophy. These findings indicate that defective mitophagy in sepsis can be
therapeutically manipulated as a means of counteracting sepsis-induced muscle dysfunction.

2. Materials and Methods

2.1. Animal Procedures

All experiments were approved (#2014-7549) by the Research Ethics Board of the Research Institute
of the McGill University Health Centre (MUHC-RI) and are in accordance with the principles outlined
by the Canadian Council of Animal Care. Three-week-old male wild-type C57BL/6J mice (Charles
River Laboratories, Saint-Constant, QC, Canada) were used for our experiments. All mice were
group-housed under a standard 12:12 h light/dark cycle with food and water available ad libitum.

2.2. AAV Injections in Skeletal Muscle

All of the adeno-associated viruses (AAVs) used in our experiments were purchased from Vector
Biolabs (Malvern, PA, USA) and were of Serotype 1, a serotype highly effective in transducing
skeletal muscle cells [32]. Four-week-old mice were first anesthetized with an isoflurane (2.5 to 3.5%),
and AAV1s containing a muscle specific promoter (muscle creatine kinase), a sequence coding for
the reporter protein GFP and a sequence coding for Parkin (details on the AAV1 construction are
available in Supplementary Figure S1) were then intramuscularly injected (25 μL per site; 1.5 × 1011 gc)
into the gastrocnemius (GAS) muscles in the right leg. In this AAV1 construction, the sequences
coding for Parkin and GFP were separated by a sequence coding for the auto-cleavable 2A peptide,
allowing for the separation of the Parkin and GFP proteins once translated. Control AAV1s containing
only the GFP sequence under the control of the MCK promoter were injected into the contralateral
leg. Because the AAV1 recombination site in the wild-type AAV1s was deleted in these recombined
AAV1s, both GFP and Parkin expression comprised episomal expression without integration into
the host DNA.

2.3. Cecal Ligation and Perforation

After four weeks of AAV1 injection, the mice were subjected to cecal ligation and perforation or
sham surgery. The cecal ligation and puncture (CLP) model, which closely mimics the clinical features
of human sepsis [31], was performed to induce polymicrobial sepsis as described previously [30,33]
with minor modifications. Briefly, the mice were first anesthetized with isoflurane (~3%; Piramal
Critical Care). A midline abdominal incision (~2 cm) was then performed. The cecum was carefully
ligated at ~1 cm from its distal portion. The ligated cecum was perforated by a through-and-through
puncture performed with 251/2 gauge needle in a sterile environment. Next, the ligated cecum was
gently compressed to extrude a small amount of the cecal contents through the punctured holes.
The cecum was then replaced in the abdominal cavity. The peritoneum was then closed in two
separate layers using 3–0 absorbable polyfilament interrupted sutures. The skin was finally closed
with a surgical staple (9 mm AutoClip® System, Fine Scientific tools, North Vancouver, BC, Canada).
All of the animals received subcutaneous injections of buprenorphine (0.05 to 0.2 mg/kg in 1 mL of
0.9% saline) immediately after surgery. To minimize pain, buprenorphine was administered every 12 h
(0.05 mg/kg in ~100 μL of 0.9% saline). The sham-operated mice were subjected to identical procedures
with the exception of the cecum ligation and puncture. All of the animals were closely monitored for
signs of excessive pain or distress, such as lack of movement, agonal breathing or excessive body loss
(20%), by investigators and by the vivarium staff from the IR-MUHC. Any mouse reaching endpoint
criteria was immediately euthanized.
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2.4. Tissue Collection

Mice were anesthetized with isoflurane and subsequently euthanized by cervical dislocation 48 h
after sham or CLP procedures. The gastrocnemius (GAS) muscles were carefully removed from both
legs and cut in half; one half was mounted for histology and small strips were prepared for transmission
electron microscope (TEM) analyses, as previously described [34]. The rest of the GAS was quickly
frozen in liquid nitrogen and stored −80 ◦C until use for immunoblotting and qPCR experiments.

2.5. Fiber Size Determination

Muscles samples were mounted on plastic blocks in tragacanth gum and frozen in liquid isopentane
cooled in liquid nitrogen. The samples were then stored until use at −80 ◦C. The samples were cut
into 10 μm cross-sections using a cryostat (Leica Biosystem Inc., Concord, ON, Canada) at −20 ◦C
and then mounted on lysine coated slides (Superfrost) to assess muscle fiber size, as described
in [32,34]. To this end, the muscle cross-sections were first allowed to reach room temperature and
were rehydrated with phosphate buffered saline (PBS, pH 7.2) and then blocked with goat serum (10%
in PBS). The sections were then incubated with primary rabbit IgG polyclonal anti-laminin antibody
(MilliporeSigma, Oakville, ON, Canada, L9393, 1:750) for 1 h at room temperature. The sections were
then washed three times in PBS before being incubated for 1 h at room temperature with an Alexa Fluor
594 goat anti-rabbit IgG antibody (Invitrogen, Burlington, ON, Canada A-11037, 1:500). The sections
were then washed three times in PBS and the slides were cover-slipped using Prolong Gold (Invitrogen,
P36930) as mounting medium. The slides were imaged with a Zeiss Axio Imager 2 fluorescence
microscope (Zeiss, Dorval, QC, Canada). The median minimum Feret’s diameter of the muscle fibers,
a reliable marker of myofiber size [35], was determined for each muscle sample using at least 200 fibers
per muscle sample (average number ± SD of fiber analyzed for each group: sham AAV-GFP, 317 ± 62;
sham AAV-Parkin, 300 ± 15; CLP AAV-GFP, 345 ± 30; CLP AAV-Parkin, 304 ± 46). Analyses were
performed using ImageJ (NIH, Bethesda, MD, USA, https://imagej.nih.gov/ij/).

2.6. Transmission Electron Microscopy (TEM)

The samples for TEM were prepared as described in [34,36,37]. Briefly, small strips prepared
from GAS were incubated in 2% glutaraldehyde buffer solution in 0.1 M cacodylate (pH 7.4) and
were subsequently post-fixed in 1% osmium tetroxide in 0.1 M cacodylate buffer. Tissues were
then dehydrated via increasing the concentrations of methanol to propylene oxide and infiltrated
and embedded in EPONTM resins at the Facility for Electron Microscopy Research (FEMR) of
McGill University. Ultrathin sections (60 nm) were cut longitudinally using an ultramicrotome
(Ultracut III, Reichert-Jung, Leica Biosystem Inc., Concord, ON, Canada) and mounted on nickel
carbon-formvar-coated grids for electron microscopy. Uranyl acetate and lead citrate stained
sections were then imaged using a FEI Tecnai 12 transmission electron microscope at 120 kV,
and images were digitally captured using a XR80C CCD camera system (AMT, Woburn, MA, USA)
at a magnification of 1400×. Individual intermyofibrillar (IMF) mitochondria from all groups were
manually traced in longitudinal orientations using ImageJ 2.0.0 software (NIH, Bethesda, MD, USA,
https://imagej.nih.gov/ij/) to measure the following morphological characteristics: area (in μm2),
perimeter (μm), circularity (4π·(surface area/perimeter2)), Feret’s diameter (longest distance (μm)
between any two points within a given mitochondrion), aspect ratio (major axis/minor axis)—a measure
of the “length to width ratio” and form factor (perimeter/4π·surface area)—a measure sensitive
to the complexity and branching aspect of mitochondria [34,36,37]. An index of mitochondrial
morphological complexity was finally calculated as follows: Mitochondrial complexity index =
Aspect ratio × Form Factor. Details on the number of IMF mitochondria that were traced are available
in the figure legends.
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2.7. Immunoblotting

Frozen skeletal muscle tissues (15–30 mg) were homogenized in an ice-cold lysis buffer (50 mM
Hepes, 150 mM NaCl, 100mM NaF, 5 mM EDTA, 0.5% Triton X-100, 0.1 mM DTT, 2 μg/mL leupeptin,
100 μg/mL PMSF, 2 μg/mL aprotinin, and 1 mg/100 mL pepstatin A, pH 7.2) using Mini-beadbeater
(BioSpec Products) with a ceramic bead at 60 Hz. The muscle homogenates were kept on ice for
30 min with periodic agitation and were then centrifuged at 5000 g for 15 min at 4 ◦C, the supernatants
were collected, and the pellets were discarded. The protein contents in each sample were determined
using the Bradford method. The aliquots of crude muscle homogenates were mixed with Laemmli
buffer (6×, reducing buffer, # BP111R, Boston BioProducts, Ashland, MA, USA) and subsequently
denatured for 5 min at 95 ◦C. Equal amounts of protein extracts (30 μg per lanes) were separated
by SDS-PAGE, and then transferred onto polyvinylidene difluoride (PVDF) membranes (Bio-Rad
Laboratories, Saint-Laurent, QC, Canada) using a wet transfer technique. The total proteins on
the membranes were detected with Ponceau-S solution (MilliporeSigma #P3504). The membranes
were blocked in PBS + 1% Tween® 20 + 5% bovine serum albumin (BSA) for 1 h at room temperature
and then incubated with the specific primary antibodies overnight at 4 ◦C. The complete list of
antibodies used for immunoblots analysis can be found in Supplementary Table S1. Membranes were
washed in PBST (3 × 5 min) and incubated with HRP-conjugated secondary anti-rabbit or anti-mouse
secondary antibodies (Abcam, Toronto, ON, Canada, cat# Ab6728, Ab6721) for 1 h at room temperature,
before further washing in PBST (3 × 5 min). Immunoreactivity was detected using an enhanced
chemiluminescence substrate (Pierce™, Thermo Fisher Scientific, Saint-Laurent, QC, Canada) with
the ChemiDoc™XRS+ Imaging System. The optical densities (OD) of the protein bands were quantified
using ImageLab software (Bio-Rad Laboratories) and normalized to loading control (Ponceau-stained
PVDF membranes). Immunoblotting data are expressed as relative to Sham AAV-GFP.

2.8. Quantitative Real-Time PCR

Total RNA was extracted from frozen muscle samples using a PureLink™RNA Mini Kit (Invitrogen
Canada, Burlington, ON, Canada). The quantification and purity of RNA was assessed using the
A260/A280 absorption method. Total RNA (2 μg) was reverse transcribed using a Superscript II®

Reverse Transcriptase Kit and random primers (Invitrogen, Burlington, ON, Canada). The reactions
were incubated at 42 ◦C for 50 min and at 90 ◦C for 5 min. The real-time PCR detection of mRNA
expression was performed using a Prism® (Graphpad, San Diego, CA, USA) 7000 Sequence Detection
System (Applied Biosystems, Foster, CA, USA). The cycle threshold (CT) values were obtained for each
target gene. The ΔCT values (normalized gene expression) were calculated as CT of target gene minus
CT of the geometric means of three housekeeping genes (Cyclophilin B, β-Actin and 18S). The relative
mRNA level quantifications of target genes were determined using the threshold cycle (ΔΔCT) method,
as compared to sham AAV-GFP. The primer sequences for all genes are found in Supplementary
Table S2.

2.9. Data Analysis and Statistics

All statistical analyses were performed using GraphPad Prism 8 (GraphPad, San Diego, CA, USA).
Comparisons of initial body weight and body weight loss between sham-operated and CLP mice
were performed using unpaired bilateral student t-tests (p-values < 0.05 were considered statistically
significant). Comparisons of the effects of Parkin overexpression on parameters of interest were
performed using two-way repeated measures analysis of variance (ANOVA) (except for comparisons
of mitochondrial shape descriptors, as detailed below). Corrections for the multiple comparisons
following two-way repeated measures ANOVA were performed with the two-stage step-up method
of Benjamini and Krieger and Yekutieli (q < 0.1 was considered statistically significant). One-way
ANOVA followed by the two-stage step-up method of Benjamini and Krieger and Yekutieli were
used for the following comparisons: sham AAV-GFP vs. CLP AAV-GFP; sham AAV-GFP vs. CLP
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AAV-Parkin; sham AAV-Parkin vs. CLP AAV-GFP; sham AAV-Parkin vs. CLP AAV-Parkin (except for
comparisons of mitochondrial shape descriptors, as detailed below) (q < 0.1 was considered statistically
significant). Differences for the median values of shape descriptors to assess mitochondrial morphology
were assessed using a Kruskal–Wallis test followed by a Dunn’s multiple comparisons test (adjusted
p-values < 0.05 were considered statistically significant). The exact numbers of animals within each
group in all figures are indicated in the figure legends.

3. Results

3.1. Successful Overexpression of Parkin in Skeletal Muscles of Sham and CLP Operated Mice

Four weeks after the intramuscular injections of AAVs, mice were subjected to cecal ligation
and perforation (CLP) to induced polymicrobial sepsis. Sham-operated mice were used as control.
At baseline (prior to sham and CLP procedures), body weight values were similar in the sham and
CLP groups, as shown in Figure 1A. Body weight loss was more pronounced in the CLP group relative
to the sham group (−13.8 ± 1.4% vs. −4.7±1.1%, respectively, p < 0.05), as shown in Figure 1B.
As shown in Figure 1C,D, the intramuscular injection of AAV-Parkin significantly increased Park2
mRNA expression and Parkin protein content, in the skeletal muscles of both Sham-operated and CLP
mice. These results demonstrate that our approach was successful in overexpressing Parkin in mouse
skeletal muscle.

Figure 1. Effective Parkin overexpression in skeletal muscles of Sham and CLP operated mice.
(A) Initial body weight and (B) percent of body weight loss in Sham-operated and or CLP mice.
(C) qPCR analysis of Park2 expression levels in the gastrocnemius muscles injected with either
AAV-GFP or AAV-Parkin in Sham and CLP mice. (D) Representative Parkin immunoblots and
its corresponding ponceau S stain performed on gastrocnemius samples of Sham and CLP mice injected
with either AAV-GFP or AAV-Parkin. 1 = Sham-AAV-GFP; 2 = Sham-AAV-Parkin; 3 = CLP-AAV-GFP;
4 = CLP-AAV-Parkin. Data are presented as mean ± SEM (n = 7–9/group; * = statistically significant;
ns = not statistically significant).
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3.2. Parkin Overexpression Attenuates Sepsis-Induced Skeletal Muscle Atrophy

The effect of Parkin overexpression on muscle fiber size was evaluated 48 h after CLP, based on
our previous reports which revealed that limb muscle atrophy develops at this time point [30,33].
In the sham group, Parkin expressing muscles had larger myofiber diameters relative to those expressing
GFP, as shown in Figure 2B,C. This observation is in line with our previous report [32]. In the CLP
group, GFP expressing muscles displayed a trend towards smaller myofiber diameters and a decreased
proportion of large fibers relative to those expressing GFP in the sham group, as shown in Figure 2B,D,
all of which are indicative of myofiber atrophy. As shown Figure 2B,E, no sign of atrophy was detected
in the Parkin overexpressing muscles of CLP mice when compared to the Parkin expressing muscles of
Sham-operated mice. In addition, the Parkin overexpressing muscles of CLP mice displayed larger
myofibers vs. the GFP expressing muscles of CLP mice, as shown in Figure 2B,F. These results indicate
that Parkin overexpression prevented the development of muscle atrophy in the CLP group and
increased muscle fiber diameter in the sham group.

 

p

Figure 2. The impact of Parkin overexpression and sepsis on skeletal muscle fiber size.
(A) Representative gastrocnemius (GAS) cryosections stained for laminin in all experimental groups.
Scale bar: 50μm. (B) Quantification of minimum Ferret diameter of GAS myofibers of Sham and CLP
animals injected with either AAV-GFP or AAV-Parkin. (C) Minimum Ferret distribution of the GAS
myofibers of Sham AAV-GFP (n = 8 mice; 316 ± 21 fibers per GAS were traced) vs. Sham AAV-Parkin
(n = 8 mice; 300 ± 5 fibers per GAS were traced). (D) Minimum Ferret distribution of the GAS myofibers
of Sham AAV-GFP (n = 8 mice; 316 ± 21 fibers per GAS were traced) vs. CLP AAV-GFP (n = 6 mice;
345 ± fibers per GAS were traced). (E) Minimum Ferret distribution of the GAS myofibers of Sham
AAV-Parkin (n = 8 mice; 300 ± 5 fibers per GAS were traced) vs. CLP AAV-Parkin (n = 6 mice; 304 ± 18
fibers per GAS were traced). (F) Minimum Ferret distribution of the GAS myofibers of CLP AAV-GFP
(n = 6 mice; 345 ± fibers per GAS were traced) vs. CLP AAV-Parkin (n = 6 mice; 304 ± 18 fibers per
GAS were traced). Data are presented as mean ± SEM. (n = 6–8/group; * = statistically significant).
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3.3. The Impact of Parkin Overexpression and Sepsis on Skeletal Muscle Catabolic Signaling

We then investigated whether Parkin overexpression and sepsis affect the expression levels of
apoptotic and autophagy-related genes. Neither Parkin overexpression nor sepsis affected the mRNA
levels of pro-apoptotic Bax, Bid, Bim, and anti-apoptotic Bcl2, depicted in Figure 3A. As shown in
Figure 3A, the expression level of BclXL was higher in septic animals. qPCR analyses revealed
a significant increase in the mRNA levels of Lc3b, Sqstm1, Gabarapl and Bnip3 in septic mice, shown in
Figure 3B. The expression of Gabarapl was significantly higher in the Parkin overexpressing muscles of
septic animals. No other impacts of Parkin overexpression on apoptotic and autophagy-related genes
were observed. In line with our gene expression data, the protein contents of SQSTM1 (also known as
p62) and BNIP3, two proteins regulating autophagy and mitophagy, were increased in septic animals,
as shown in Figure 3C–E. The ratio of LC3-II to LC3-I was significantly increased in septic mice,
suggesting an induction of autophagy, shown in Figure 3F. No impact of Parkin overexpression on
the content of SQSTM1 and BNIP3 and the LC3-II to LC3-I ratio could be evidenced. We then assessed
the expression levels of two key E3 ligases known to contribute to skeletal muscle atrophy [38,39],
Fbxo32 (Atrogin-1) and Trim63 (MuRF1). The expression of these two E3 ligases was significantly
increased in the skeletal muscle of septic animals, shown in Figure 3G. Parkin overexpression did
not impact Fbxo32 and Trim63 expression. It is worth mentioning that neither Parkin overexpression
nor sepsis had an impact on the content or phosphorylation levels of AKT and 4EBP1, two key
proteins involved in the regulation of protein synthesis, as shown in Supplementary Figure S2.
Taken altogether, these data indicate that Parkin overexpression did not attenuate sepsis-induced
increases in catabolic signaling.
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Bax Bid Bim Bcl2 BclXL Lc3b Gaba Sqstm1 Bnip3

Trim63 Fbxo32

Figure 3. The impact of Parkin overexpression and sepsis on skeletal muscle catabolic signaling.
(A) qPCR analysis of the mRNA expression of genes regulating apoptosis in the gastrocnemius
(GAS) muscles of Sham and CLP animals injected with either AAV-GFP or AAV-Parkin. (B) qPCR
analysis of autophagy-related gene expression in the gastrocnemius (GAS) muscles of Sham and CLP
animals injected with either AAV-GFP or AAV-Parkin. Gaba. refers to Gabarapl1. (C) Immunoblot
detection of SQSMT1(p62), BNIP3, LC3I/LC3II and GAPDH. (D) Quantification of SQSMT1 (p62) content.
(E) Quantification of BNIP3 protein content. (F) Quantification of LC3I and LC3II protein content, as well
as the LC3II to LC3I ratio. (G) qPCR analysis of Fbxo32 (Atrogin-1) and Trim63 (MuRF1) gene expression
levels in the GAS muscles of Sham and CLP animals injected with either AAV-GFP or AAV-Parkin.
1 = Sham-AAV-GFP; 2 = Sham-AAV-Parkin; 3 = CLP-AAV-GFP; 4 = CLP-AAV-Parkin. Data are
presented as mean ± SEM. (n = 6–9/group, * = statistically significant; ns = not statistically significant).

3.4. The Impact of Parkin Overexpression and Sepsis on the Expression of Genes and Proteins Regulating
Mitochondrial Biology

Since Parkin plays a key role in mitochondrial quality control [23–26,40], and because sepsis
is well known to impair mitochondrial function, we investigated whether Parkin overexpression
could attenuate the impact of sepsis on skeletal muscle mitochondria. To this end, we first quantified
the expression levels of the key transcriptional regulators of mitochondrial biology. As shown in
Figure 4A,B, sepsis resulted in an increase in Nrf1, Nrf2, and Sirt1 mRNA expression levels. In contrast,
sepsis resulted in a decrease in the expression of Pgc1-α, Tfam and Sirt3, as shown in Figure 4A,B.
In the skeletal muscles of both Sham-operated and CLP mice, Parkin overexpression resulted in
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a significant increase in Nrf2 mRNA expression, depicted in Figure 4A. Parkin overexpression also
led to an increased expression of Sirt1 in the muscles of Sham-operated mice and an increase in Tfam
expression in the muscles of CLP mice, as shown in Figure 4B.
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Figure 4. The impact of Parkin overexpression and sepsis in skeletal muscle on genes regulating
mitochondrial biogenesis and on mitochondrial protein contents. (A,B) qPCR analysis of genes
involved in mitochondrial biology. (C) Representative immunoblots performed with primary
antibodies against representative subunits of the OXPHOS complexes and VDAC. Ponceau stains
were used as loading controls. (D,E) Quantification of the contents of (D) representative subunits of
the OXPHOS complexes and (E) VDAC. 1= Sham-AAV-GFP; 2= Sham-AAV-Parkin; 3=CLP-AAV-GFP;
4 = CLP-AAV-Parkin. Data are presented as mean ± SEM. (n = 6–9/group, * = statistically significant;
ns = not statistically significant).

We next assessed the impact of sepsis and Parkin overexpression on the content of proteins of
the mitochondrial oxidative phosphorylation (OXPHOS) system. As shown in Figure 4D, sepsis
significantly decreased the content of the representative subunits of Complex I and Complex IV.
This finding is consistent with previous reports, which documented decreased mitochondrial contents
in septic skeletal muscles [10,12–14]. Similarly, sepsis lowered VDAC protein content by 58% in the GFP
expressing skeletal muscles, as shown in Figure 4E. Importantly, no impact of sepsis was observed
on Complex I, Complex IV and VDAC contents in the Parkin overexpressing muscles, as shown
in Figure 4D,E. Taken together, these data strongly suggest that Parkin overexpression prevented
the inhibitory effect of sepsis on muscle mitochondrial content.
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3.5. Effects of Parkin Overexpression and Sepsis on Mitochondrial Morphology and Dynamics

To analyze the impact of sepsis and Parkin overexpression on skeletal muscle mitochondrial
morphology, we used TEM to evaluate the morphology of intermyofibrillar (IMF) mitochondria of
the GAS of sham and CLP mice. Representative TEM images obtained from the GAS of sham and CLP
mice are shown in Figure 5A–D and Supplemental Figure S3. In the CLP group, IMF mitochondria
of GFP expressing muscles were larger, less circular and more complex (i.e., higher values of aspect
ratio and form factor) than IMF mitochondria of GFP expressing muscles of the sham group, shown
in Figure 5E–J. In the sham group, Parkin overexpressing muscles had larger, less circular and more
complex IMF mitochondria compared to GFP expressing muscles, as shown in Figure 5E–J. In the CLP
group, Parkin overexpressing muscles had smaller, more circular and simpler IMF mitochondria
compared to GFP expressing counterparts, shown in Figure 5 E–J. Taken together, these results
indicate that sepsis results in enlarged and more complex mitochondria, an impact that is abolished by
Parkin overexpression.

Figure 5. The impact of sepsis and Parkin overexpression on mitochondrial morphology in skeletal
muscle. (A–D) Representative longitudinal TEM images from all groups that were used to assess
mitochondrial morphology. Scale bar: 2μm. (E–J) Median values with 95% confidence interval (left)
and relative frequencies (right) of multiple mitochondrial shape descriptors (Sham-AAV-GFP: n = 1246;
Sham-AAV-Parkin: n = 728; CLP-AAV-GFP: n = 1149; CLP-AAV-Parkin: n = 1206). Groups not sharing
a letter are significantly different (differences were tested using a Kruskal–Wallis test followed by
a Dunn’s multiple comparisons test; p < 0.05).
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To gain better insights into the mechanisms underlying the impact of sepsis and Parkin
overexpression on mitochondrial morphology, we next assessed the expression and content of
major genes and proteins regulating mitochondrial dynamics. In the Sham-operated mice, Parkin
overexpression had no impact on the mRNA expression and protein levels of Mfn2, Opa1 and Drp1,
as shown in Figure 6A–G. As shown in Figure 6A, sepsis in GFP expressing muscles resulted
in a decrease in the mRNA levels of pro-fusion Mfn2 and Opa1 and pro-fission Drp1. In Parkin
overexpressing muscles, CLP resulted in a significant decrease in the mRNA levels of Mfn2 and Drp1,
while Opa1 expression remained unaffected, shown in Figure 6A. At the protein level, no impact of
sepsis or Parkin overexpression could be evidenced on MFN2 and OPA1 protein content. Interestingly,
DRP1 protein levels were lower in the GFP and Parkin expressing muscles of CLP mice, relative to
the sham group, as shown in Figure 6D,E. Similarly, DRP1 phosphorylation on Ser616, an activation
site which triggers DRP1 translocation from the cytoplasm to mitochondria to promote mitochondrial
fission [41], was also decreased in the GFP and Parkin expressing muscles of the CLP group, relative
to the sham group, as shown in Figure 6D–G. These results indicate that sepsis seems to result in
an inhibition of mitochondrial fission and that this effect was not influenced by Parkin overexpression.

Mfn2
Opa

1
Drp1

Figure 6. The impact of sepsis and Parkin overexpression on mitochondrial dynamics in skeletal
muscle. (A) qPCR analysis of mitochondrial dynamic-related gene expression in the GAS muscles of
Sham and CLP animals injected with either AAV-GFP or AAV-Parkin. (B) Representative immunoblots
of OPA1, GADPH and MFN2. Ponceau stains or GAPDH immunoblots were used as loading
controls. (C) Quantification of OPA1, GADPH and MFN2 content. (D) Representative immunoblots
performed with primary antibodies against pDRP1(ser616) and total DRP1. Ponceau stains or GAPDH
immunoblots were used as loading controls. (E) Quantification of DRP1 content. (F) Quantification
of the contents of pDRP1(ser 616) content. (G) Quantification of the pDRP1(ser 616) to total DRP1
ratio. 1 = Sham-AAV-GFP; 2 = Sham-AAV-Parkin; 3 = CLP-AAV-GFP; 4 = CLP-AAV-Parkin. Data are
presented as mean ± SEM. (n = 6–9/group; * = statistically significant; ns = not statistically significant).
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4. Discussion

The accumulation of dysfunctional and injured mitochondria in skeletal muscles is believed to
play a key role in the development of muscle weakness during sepsis [8,9]. In the current study,
we investigated whether overexpressing Parkin, a key component of the PINK1-Parkin mitophagy
pathway, could attenuate the negative impact of sepsis on skeletal muscles and their mitochondria.
The current study indicates that Parkin overexpression prevented sepsis-induced accumulation of
enlarged and complex mitochondria in the limb muscles of mice. Parkin overexpression also attenuated
the sepsis-induced decrease in the content of complexes I and IV of the mitochondrial electron
transfer system and prevented the development of limb muscle atrophy in septic mice. These results
expand recent studies demonstrating that Parkin exerts protective effects on skeletal muscle health.
Indeed, our group has recently reported that Park2-/- mice have decreased limb muscle contractility,
depressed muscle mitochondrial respiration, increased mitochondrial uncoupling and enhanced
susceptibility to the opening of mitochondrial permeability transition pore compared to wild-type
(WT) mice [42]. Park2-/- mice also exhibit the impaired recovery of cardiac contractility and depressed
cardiac mitochondrial functions in sepsis [29]. More recently, Peker et al. have reported that Parkin
knockdown in C2C12 cells results in myotubular atrophy and that Park2-/- mice have decreased muscle
mitochondrial respiration and increased levels of reactive oxygen species and fiber atrophy [43]. Parkin
overexpression in the muscles of Drosophila melanogaster increased mitochondrial content, decreased
proteotoxicity and extended lifespan [44]. Our finding that Parkin overexpression in the Sham group
increased limb muscle fiber diameters is in accordance with our recent study documenting that
Parkin overexpression for several months in young mice causes muscle hypertrophy, while in old
mice, Parkin overexpression attenuates ageing-related loss of muscle mass and strength, increases
mitochondrial content and enzymatic activities and protects from ageing-related oxidative stress,
fibrosis and apoptosis [32]. Taken together, our current findings and published studies highlight
the protective role that Parkin plays in skeletal muscle health.

Our findings that sepsis elicits distinct changes in skeletal muscle mitochondria, such as decreased
VDAC level (a marker of mitochondrial content [45–47]), the downregulation of three mitochondrial
biogenesis genes (Pgc1-α, Tfam and Sirt3) and decreased complexes I and IV levels, are in agreement
with published studies on septic humans and experimental animals [10,12–14,20]. We report for
the first time that Parkin overexpression in skeletal muscle prevents the inhibitory effects of sepsis
on the expression of Tfam and on the content of complexes I and IV, as well as VDAC. Based on
these results, we speculate that Parkin overexpression might have improved mitochondrial functions
in septic muscles. This speculation is supported by the observation that Parkin overexpression
increases mitochondrial content and enzymatic activities in normal skeletal muscles [32,44]. We should
emphasize that, in the current study, Parkin overexpression increased Nrf2 expression in the skeletal
muscles of septic animals. Considering the role that this transcription factor has in the regulation of
the expression of several anti-oxidant enzymes [48], we anticipate that increased Nrf2 levels in muscles
overexpressing Parkin might have contributed to the protection of mitochondrial morphology and
contents in septic animals.

Mitochondria form a dynamic network constantly undergoing fusion and fission events that
tightly regulate the shape (i.e., morphology), size and number of mitochondria [41,49]. In the present
study, we show that sepsis significantly alters mitochondrial morphology by increasing the proportion
of enlarged and more complex IMF mitochondria. These results extend previous observations, showing
that sepsis causes major alterations of the mitochondrial ultrastructure in skeletal muscle [13,19–21].
This increase in mitochondrial size and complexity in septic muscles might have been caused by
decreased DRP1 contents and activation [41], which are expected to alter the fusion/fission balance
towards increased mitochondrial fusion. Since mitochondrial fission is required for mitochondrial
degradation through mitophagy [50], it is possible that decreased DRP1 content and activation may
play a role in the accumulation of damaged and dysfunctional mitochondria in septic muscles by
impairing muscle capacity to recycle dysfunctional mitochondria through the mitophagy pathway.
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It should also be noted that a decrease in DRP1 content per se might have also played a role in myofiber
atrophy. Indeed, a recent study showed that muscle-specific DRP1 deletion results in severe muscle
dysfunction, characterized by atrophy, weakness, fiber degeneration and mitochondrial dysfunction [51].
Importantly, we found that Parkin overexpression attenuated sepsis-induced changes in mitochondrial
morphology and rendered muscle mitochondria to be smaller, more circular and simpler, relative
to muscles expressing GFP. These findings are in agreement with previous reports, indicating that
Parkin overexpression in skeletal muscles and neurons stimulates mitochondrial fragmentation [44,52].
We speculate that the decrease in mitochondrial size and complexity in septic muscles overexpressing
Parkin might have facilitated the recycling of damaged/dysfunctional mitochondria.

A puzzling result of the present study is the increase in the proportion of enlarged and more
complex mitochondria in the Parkin overexpressing muscles of sham-operated mice. The mechanisms
behind the differences in the effects of Parkin on mitochondrial morphology in the sham and CLP
groups remain unclear. We should point out, however, that although Parkin overexpression altered
the mitochondrial morphology in skeletal muscles, none of the parameters related to mitochondrial
dynamics that we investigated were affected by Parkin overexpression. Indeed, no significant impact
of Parkin overexpression on the expression and protein content of MFN2, OPA1 and DRP1 was
evident. Furthermore, Parkin overexpression had no effect on DRP1 phosphorylation on Ser616,
suggesting that there was no change in DRP1 activity. Further studies are therefore required to
identify the mechanisms underlying the differential impact of Parkin overexpression on skeletal muscle
mitochondrial morphology in healthy and septic animals.

In the current study, we report data indicating that autophagy was induced in septic skeletal
muscles, as evidenced by the increased expression of several autophagy-related genes, including Lc3b,
Gabarapl1, and Sqstm1, and by the increase in the LC3B-II/LC3B-I ratio in the muscles of CLP mice.
These findings are in agreement with previous reports, which documented increased muscle autophagy
in various models of sepsis [20,30,53]. An interesting finding in our study is that Parkin overexpression
had no effects on the expression of autophagy-related genes and the LC3B-II/LC3B-I ratios in the sham
and CLP groups. Given the key role that Parkin plays in the recycling of dysfunctional mitochondria by
autophagosomes [23,50], our results indicate that basal and activated autophagy levels in normal and
septic muscles, respectively, were sufficient to deal with increased mitophagy in muscles overexpressing
Parkin. We also observed that BNIP3 mRNA and protein levels increased significantly in septic skeletal
muscles, and that this induction was not influenced by Parkin overexpression. The BNIP3 protein
localizes to the mitochondria and promotes PINK1-Parkin-independent mitophagy by interacting
with the LC3 protein, resulting in the recruitment of autophagosomes to damaged mitochondria [54].
The lack of changes in BNIP3 levels in response to Parkin overexpression suggests that BNIP3-mediated
mitophagy functions in an independent fashion to that of the PINK1-Parkin pathway. It is worth
mentioning that the present study suffers from several limitations. First, we did not directly assess
whether Parkin overexpression actually translates into increased mitophagic flux. Although it was
recently reported that Parkin overexpression is sufficient to trigger higher mitochondrial clearance in
cardiomyocytes [55], further studies should investigate whether Parkin overexpression is sufficient
to increase mitophagy in healthy and septic skeletal muscles. Another important limitation arises
from the fact that muscle contractility was not assessed in the present study. Further studies are
therefore required to define whether Parkin overexpression can attenuate sepsis-induced skeletal
muscle weakness.

5. Conclusions

The present study provides evidence that Parkin overexpression attenuates sepsis-induced
myofiber atrophy and prevents sepsis-induced changes in mitochondrial morphology and protein
contents. These findings suggest that targeting mitophagy may represent a promising therapeutic
strategy to attenuate sepsis-induced skeletal muscle wasting.
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Supplementary Materials: The following are available online at http://www.mdpi.com/2073-4409/9/6/1454/s1:
Figure S1, Construction of the AAV1 designed to overexpress Parkin; Figure S2, The impact of sepsis and Parkin
overexpression on the content and phosphorylation levels of proteins regulating protein synthesis; Figure S3,
Additional TEM images; Table S1, List of antibodies; Table S2, List of qPCR primers.
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Abstract: The decline in muscle mass and function with age is partly caused by a loss of muscle
fibres through denervation. The purpose of this study was to investigate the potential of exercise to
influence molecular targets involved in neuromuscular junction (NMJ) stability in healthy elderly
individuals. Participants from two studies (one group of 12 young and 12 elderly females and another
group of 25 elderly males) performed a unilateral bout of resistance exercise. Muscle biopsies were
collected at 4.5 h and up to 7 days post exercise for tissue analysis and cell culture. Molecular targets
related to denervation and NMJ stability were analysed by immunohistochemistry and real-time
reverse transcription polymerase chain reaction. In addition to a greater presence of denervated
fibres, the muscle samples and cultured myotubes from the elderly individuals displayed altered
gene expression levels of acetylcholine receptor (AChR) subunits. A single bout of exercise induced
general changes in AChR subunit gene expression within the biopsy sampling timeframe, suggesting
a sustained plasticity of the NMJ in elderly individuals. These data support the role of exercise in
maintaining NMJ stability, even in elderly inactive individuals. Furthermore, the cell culture findings
suggest that the transcriptional capacity of satellite cells for AChR subunit genes is negatively affected
by ageing.

Keywords: sarcopenia; denervation; neuromuscular junction; heavy resistance exercise; acetylcholine
receptor; cell culture; myogenesis; neonatal myosin; neural cell adhesion molecule

1. Introduction

The rate of loss of muscle mass increases with advancing age [1], and ultimately leads to impaired
physical function in elderly individuals [2–4]. This age-dependent decline in muscle mass is partly due
to a loss of individual muscle fibres [5] as a result of muscle fibre denervation [6–8]. While physical
exercise is recognized as a strong countermeasure against the loss of muscle mass and has consistently
been shown to maintain physical function and health in the last ten years of life [9,10], it is currently
unclear whether denervation can be ameliorated or reversed by exercise.
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It has been shown in animals that exercise causes positive adaptations to the neuromuscular
junction (NMJ) that to some extent can attenuate the age-related degeneration of the NMJ [11]. Changes
in expression of acetylcholine receptors (AChRs) with acute exercise have been suggested to indicate
NMJ remodelling in animals [12,13] and represent a potential target for studying this in humans [14].
AChR are present in abundance at the NMJ [15] and are almost non-existent in the extra-synaptic
region of the muscle fibre [16]. Upon experimental denervation, however, the α1, β1, γ, and δ subunits
increase extra synaptically [16–19], raising the possibility that these AChR subunits can be used as
indicators of denervation associated with ageing. We recently observed a correlation between age and
gene expression levels of the foetal γ AChR subunit in a large group (n = 70) of healthy elderly men
ranging in age from 65 to 94 years, in conjunction with tissue markers of muscle fibre denervation,
neural cell adhesion molecule (NCAM) and neonatal myosin (MHCn), at the protein level [20]. Direct
comparisons with a younger cohort as well as the potential for exercise to influence AChR expression
patterns are however lacking.

One of the challenges for ageing skeletal muscle is related to the decline in satellite cell function
with age. Not only is satellite cell function important for tissue repair and maintenance, but it also
has potential implications for maintenance of the NMJ, where myonuclei at this site must be capable
of carrying out the specialization necessary to complete the formation of the NMJ. This includes
producing a high concentration of AChRs at the membrane and a clustering of myonuclei, which
become transcriptionally specialized and distinct from adjacent extra-synaptic myonuclei [21,22].
Whether this capacity declines with age is currently unknown. Satellite cells have been shown to play
a vital role in maintaining the post-synaptic region in mice, both in terms of myonuclear clusters of
AChRs and re-innervation of the regenerating NMJ [23,24]. In this context it is interesting that we
have recently observed a poorer fusion capacity of satellite cells derived from old women compared
to young women, accompanied by a distinctly different molecular profile throughout the myogenic
program [25]. It remains unknown, however, to what extent this dysfunction in human satellite cells
has implications for NMJ maintenance with increasing age.

Based on the above, the main purpose of this study was to investigate the influence of age
and exercise on molecular markers of NMJ stability and muscle fibre denervation in healthy elderly
individuals. An additional focus was to determine how ageing would alter the capacity of myonuclei
in cell culture to produce key transcriptional elements for NMJ formation.

2. Materials and Methods

2.1. Experimental Design

This study is based on muscle biopsies collected from two studies, on 12 young and 12 elderly
women [25], and on 25 elderly men [26], respectively. Both studies were approved by The Committees
on Health Research Ethics for The Capital Region of Denmark (Ref: H-15017223, H-3-2012-081).
All procedures conformed to the Declaration of Helsinki of 1975, revised in 2013, and the subjects gave
written informed consent before participation. All participants were healthy, non-smokers, non-obese,
and did not perform strenuous physical exercise on a regular basis. The men were part of a randomized
controlled trial investigating the effect of the blood pressure-lowering medication losartan on the
muscle response to exercise, where half of the participants received losartan and the other half placebo.
Given the general lack of drug effect, the two groups were merged in the present study (separate group
data are also provided for reference in online Supplementary Figure S1).

All participants performed a maximal strength test in a Leg Extension machine (M52, TechnoGym,
Cesena, Italy) to determine the one-repetition maximum (1 RM), which was used to determine the load
lifted during the subsequent bout of heavy resistance exercise. The Leg Extension exercise protocols
consisted of both concentric and eccentric contractions. First, 4–5 sets of 12 concentric contractions at
70% of 1 RM were performed, followed by four sets of 4–6 eccentric contractions at 110% of 1 RM, as
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previously described [25,26]. The exercise was performed with one leg only, leaving the contralateral
leg as a control. No other exercise was allowed during the study period.

2.2. Muscle Biopsies

For all participants, muscle biopsies were obtained from the vastus lateralis muscle, under local
anaesthetic (1% lidocaine), using the percutaneous needle biopsy technique of Bergström [27], with
five 6-mm needles and manual suction. Pieces of muscle tissue were aligned, embedded in Tissue-Tek,
and then frozen in isopentane, pre-cooled in liquid nitrogen, and stored at −80 ◦C. The men had six
muscle biopsies taken over 17 days, at the following time points: −10 and −3 days before exercise
from the control, non-exercised leg, and from the exercised leg at +4.5 h and on days +1, +4, and
+7 post exercise. The day −3 sample was excluded from the current study since its purpose was to
investigate a potential effect of losartan in the rested state and is therefore superfluous in the current
context. The young and elderly women had muscle biopsies collected from each leg five days after
exercise, from which a part was embedded as described above and a part was used for cell culture,
where myoblasts were plated in 12-well plates for three days of proliferation (12,000 cells per well), or
three days of proliferation followed by four days of differentiation (20,000 cells per well), as previously
described in detail [25].

2.3. RNA Extraction

100 cryo sections, 10 μm thick, from the embedded muscle tissue were homogenized in 1 mL
of TriReagent (Molecular Research Center, Cincinnati, OH, USA) containing five stainless steel balls
of 2.3 mm in diameter (BioSpec Products, Bartlesville, OK, USA), and one silicon-carbide sharp
particle of 1 mm (BioSpec Products), by shaking in a FastPrep®-24 instrument (MP Biomedicals,
Illkirch, France) at speed level four for 15 s. Cell culture cells were dissolved directly in the Trireagent.
Bromo-chloropropane was added in order to separate the samples into an aqueous and an organic
phase. Following isolation of the aqueous phase, RNA was precipitated using isopropanol. The RNA
pellet was then washed in ethanol and subsequently dissolved in 20 μL RNAse-free water. Total RNA
concentrations and purity were determined by spectroscopy at 260, 280, and 240 nm. Good RNA
integrity was ensured by gel electrophoresis.

2.4. Real-Time RT-PCR

mRNA targets related to innervation were analysed for the current study. The specific primers
are given in Table 1. Total RNA (500 ng for muscle and 150 ng for cell culture) was converted into
cDNA in 20 μL using OmniScript reverse transcriptase (Qiagen, Redwood City, CA, USA) and 1 μM
poly-dT (Invitrogen, Naerum, Denmark) according to the manufacturer’s protocol (Qiagen). The same
pool of cDNA used previously for the cells in culture [25] and the male muscle tissue [26] was used
here. For each target mRNA, 0.25μL cDNA were amplified in a 25-μL SYBR Green polymerase chain
reaction (PCR) containing 1 × Quantitect SYBR Green Master Mix (Qiagen) and 100 nM of each primer
(Table 1). The amplification was monitored real time using the MX3005P Real-time PCR machine
(Stratagene, San Diego, CA, USA). The Ct values were related to a standard curve made with known
concentrations of cloned PCR products or DNA oligonucleotides (UltramerTM oligos, Integrated DNA
Technologies, Inc., Leuven, Belgium) with a DNA sequence corresponding to the sequence of the
expected PCR product. The specificity of the PCR products was confirmed by melting curve analysis
after amplification. Ribosomal Protein Lateral Stalk Subunit P0 (RPLP0) mRNA was chosen as internal
control. To validate this use, another unrelated “constitutive” mRNA, Glyceraldehyde-3-Phosphate
Dehydrogenase (GAPDH), was measured and normalized with RPLP0. In the cell culture experiment
GAPDH mRNA normalized to RPLP0 mRNA was constant, indicating that RPLP0 (and GAPDH)
was indeed constant and suitable for normalization. However, in tissue the GAPDH/RPLP0 ratio
was lower in the elderly female subjects and one and four days after exercise in the males, showing
either a GAPDH decrease or a RPLP0 increase. However, the decrease in GAPDH was not reflected
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in the general pattern of the other mRNA when normalized to RPLP0, arguing against a general
normalization error. We therefore chose to use retain RPLP0 for normalization. The GAPDH mRNA
data from cell culture of the females and tissue of the males have been used as internal control in
already published papers [25,26].

Table 1. Primers used for PCR. RPLP0: Ribosomal Protein Lateral Stalk Subunit P0;
GAPDH: Glyceraldehyde-3-Phosphate Dehydrogenase; AChR: acetylcholine receptor; MuSK:
muscle-specific-kinase; MHCn: neonatal myosin; MHCe: embryonic myosin heavy chain.

mRNA Genbank Sense Antisense

RPLP0 NM_053275.3 GGAAACTCTGCATTCTCGCTTCCT CCAGGACTCGTTTGTACCCGTTG

AchRα1 NM_000079.3 GCAGAGACCATGAAGTCAGACCAGGAG CCGATGATGCAAACAAGCATGAA

AchRβ1 NM_000747.2 TTCATCCGGAAGCCGCCAAG CCGCAGATCAGGGGCAGACA

AchRδ NM_000751.2 CAGCTGTGGATGGGGCAAAC GCCACTCGGTTCCAGCTGTCTT

AchRε NM_000080.4 TGGCAGAACTGTTCGCTTATTTTCC TTGATGGTCTTGCCGTCGTTGT

AchRγ NM_005199.4 GCCTGCAACCTCATTGCCTGT ACTCGGCCCACCAGGAACCAC

MuSK NM_005592.3 TCATGGCAGAATTTGACAACCCTAAC GGCTTCCCGACAGCACACAC

MHCe NM_002470.3 CGGATATCGCAGAATCTCAAGTCAA CTCCAGAAGGGCTGGCTCACTC

MHCn NM_002472.2 CGGAAACATGAGCGACGAGTAAAA CAGCCTGAGAACATTCTTGCGATCTT

GAPDH NM_002046.6 GAGGGGCCATCCACAGTCTTCT GACATGCCCAAGACCCAGAAGGA

2.5. Immunohistochemistry

For the female participants, cross sections (10 μm) from the biopsies of the exercised and control
legs were cut at −20 ◦C in a cryostat. Sections from both legs of one individual were placed on the same
glass slide (Thermo Scientific, Waltham, MA, USA) and stored at −80 ◦C until staining. For staining,
two primary antibodies were diluted in 1% bovine serum albumin (BSA) in Tris-buffered saline (TBS)
and applied to the sections (see Table 2), and then incubated in the refrigerator overnight. Afterwards
two secondary antibodies (see Table 2) diluted in 1% BSA in TBS were applied for 45 min. At this
point, the sections were fixed in 5% formaldehyde (Histofix, Histolab, Gothenburg, Sweden) for 12 min
and then mounted with Prolong-Gold-Antifade (Invitrogen, Molecular Probes, OR, USA, catalogue
#P36931), containing 4′,6-Di-amidino-2-phenylindole (DAPI). Slides were washed with TBS twice
between all steps. Slides were kept in darkness at room temperature for 48 h and then moved to a
−20 ◦C freezer. Two sections were also stained with NCAM and collagen XXII (made by Manuel
Koch) [28], as previously described [29], since it was suspected that the NCAM staining in these
sections was due to the presence of myotendinous junction and not denervated muscle fibres.

Table 2. Antibodies used for immunohistochemistry and immunocytochemistry. MHCn: neonatal
myosin; MHCe: embryonic myosin heavy chain; NCAM: neural cell adhesion molecule.

Host Antibody Primary Antibody Company Cat. no. Concentration

Mouse Dystrophin, IgG2b Sigma-Aldrich D8168 1:500
Mouse Myosin 1, IgG1 Hybridoma Bank A4.951 1:200
Mouse MHCe, IgG1 Hybridoma Bank F1.652 1:100
Mouse MHCn, IgG1 Novocastra NCL-MHCn 1:100
Mouse NCAM, IgG1 Becton Dickinson 347740 1:50
Rabbit Desmin, IgG Abcam AB32362 1:1000
Mouse Myogenin, IgG1 Hybridoma Bank F5D-s 1:50

Host Antibody Secondary Antibody Company Cat. no. Concentration

Goat 488, green, IgG1 Invitrogen A-21121 1:500
Goat 568, red, IgG2b Invitrogen A-21144 1:200
Goat 568, red, IgG Invitrogen A-11036 1:500
Goat 488, green, IgG Invitrogen A-11029 1:500
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2.6. Microscopy

All imaging was performed with a ×10/0.30NA objective and a 0.5× camera (Olympus DP71,
Olympus Deutschland GmbH, Hamburg, Germany) mounted on a BX51 Olympus microscope, using
the Olympus cellSens software (v.1.14). For all analyses, 1.7 × 1.3 mm greyscale images were captured.

Muscle fibre size and muscle fibre type composition analysis was only performed on the control
leg. Non-overlapping images of high resolution (4080 × 3072 pixels) were captured to accommodate a
semi-automated macro [30], run in ImageJ (v.1.51, U.S. National Institutes of Health, Bethesda, MD,
USA). All analyses were conducted by the same person blinded to the age group. All included muscle
fibres were manually checked, and fibres were excluded if the dystrophin staining was incomplete or if
an area of the biopsy was longitudinally oriented. Fibres at the edge and around holes and folds in
the biopsies were always excluded. After delineation of the muscle fibre cross-sectional area (CSA),
fibre type was determined based upon the median light intensity. Fibres were classified as type I
(positive for myosin type I staining) or type II (negative for myosin type I staining). Hybrid muscle
fibres (low levels of type I myosin staining) were excluded from the analysis (a total of 131 fibres from
all sections).

For the analysis of embryonic myosin heavy chain (MHCe)-, MHCn-, and NCAM-positive fibres,
images at a resolution of 2040 × 1536 pixels were captured. For MHCe, only areas with positive staining
were imaged, while for MHCn and NCAM the entire biopsy section was imaged (due to the relatively
higher prevalence of positive fibres). Positively stained muscle fibres were determined as fibres with a
complete dystrophin staining and a clear staining of one of the three markers. We extended the method
used in our previous study [20] by also measuring the CSA of all transversely cut positive muscle
fibres in the present study. All analyses were conducted by the same person, blinded to age group and
leg of the sample. All values are expressed relative to the total number of fibres in the section. In a
sub-analysis, four consecutive sections from two elderly subjects (both the exercised and the control
leg) were additionally analysed for MHCn-positive fibres to determine whether small fibres could be
found on consecutive sections. Overview images of the sections were initially used to identify areas
of the biopsy that were present on all four consecutive sections. Peripherally positioned (at edges or
holes) muscle fibres were not included. In total, 31 MHCn-positive muscle fibres were included across
the two subjects and followed through the four consecutive sections (see online Supplementary Figure
S2 for images).

2.7. Immunocytochemistry

For the cells cultured to differentiate, the fusion index was determined as reported earlier [25].
Briefly, coverslips were stained with the primary antibodies desmin and myogenin (see Table 2 for
details) followed by the secondary antibodies goat anti-rabbit 568 (catalogue #A11036) and goat
anti-mouse 488 (catalogue # A11029), and mounted with Prolong-Gold-Antifade containing DAPI
(catalogue #P36931, Invitrogen), as described [25]. Fusion index was calculated as the percentage of
desmin-positive nuclei within myotubes (containing three or more nuclei) divided by the total number
of desmin-positive nuclei.

2.8. Statistics

All figures were prepared in GraphPad Prism (v.7.04, GraphPad Software, Inc., La Jolla, CA, USA)
and all statistical analyses were conducted in SigmaPlot (v. 13.0, Systat Software Inc, San Jose, CA,
USA), except subject characteristics and gene expression of the female subjects, which were analysed
using Microsoft Excel 2016 (Microsoft Corporation, Redmond, Washington). p-Values below 0.05
were considered significant, and trends of p < 0.1 are also reported. mRNA data were normalized to
RPLP0 and log-transformed before statistical analysis. For the female participants, unpaired t-tests
(two-tailed) were performed between young and old for subject characteristics, fibre size, fibre type
composition, and mRNA data. Paired t-tests (two-tailed) were conducted for the analysis of the
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exercise response (exercised leg vs. control leg). The Bonferroni correction was applied (multiplying
the p-values ×3) to the t-test analyses on the mRNA data to correct for multiple testing. For correlation
analyses, mRNA data were log-transformed and then subjected to Pearson’s correlation. The number
of MHCe-, MHCn-, and NCAM-positive fibres, which was not normally distributed, was subjected to
the Mann–Whitney Rank Sum Test and Wilcoxon Signed Rank Test to compare differences between
young and old subjects, and control versus exercised leg, respectively. For the male participants,
data were analysed by one-way repeated measures analysis of variance, using Dunnett’s method for
multiple comparisons to compare each time point with baseline, where an overall main effect of time
was found. The subject characteristics are presented as means with standard deviation and range,
while muscle fibre size and composition are shown as individual values. MHCn- and NCAM-positive
muscle fibres are presented as median and individual values.

3. Results

3.1. Subject Characteristics

Age, height, weight, BMI, and Leg Extension 1 RM for all subjects included in the analyses
are provided in Table 3. The control muscle biopsy from one elderly woman was found to show
irregularities (one fascicle filled with unusually large and small muscle fibres positive for NCAM,
MHCn, and MHCe), and this subject was therefore excluded from all analyses.

Table 3. Subject characteristics. Average and standard deviations with ranges (superscript).
Abbreviations: BMI, body mass index; 1 RM, one-repetition maximum; yr: years, kg: kilogram.

Young Women Old Women Old Men

n = 12 n = 11 n = 25

Age (yr) 23 ± 3 20–28 74 ± 3 71–78 70 ± 7 64–90
Height (cm) 168 ± 7 157–177 166 ± 3 162–169 180 ± 5 172–189
Weight (kg) 64 ± 8 53–75 69 ± 10 57–84 82 ± 10 67–98
BMI (kg/m2) 23 ± 2 19–26 25 ± 4 20–30 26 ± 3 21–31

Knee extension 1RM (kg) 39 ± 8 30–50 23 ± 5 12–28 56 ± 14 23–82

3.2. Tissue Immunohistochemistry at Baseline—Young and Elderly Women

On average, the numbers of fibres included in the fibre type and size analysis were 212 (129–352)
for type I and 151 (68–247) for type II fibres in the young participants. The corresponding values for
the elderly were 169 (85–267) type I and 143 (45–487) type II fibres. The type I fibre percentage was
59 ± 11% (35%–74%) for the young and 58 ± 15% (22%–75%) for the elderly, with no difference between
them. As seen in Figure 1, the elderly had significantly smaller type II fibres compared to both their
own type I fibres (−38%, p < 0.001) and the type II fibres in the young (−36%, p < 0.001).

On average, the number of fibres included in the immunohistochemical analysis of denervated
fibres was 1080 [401–2270]. MHCe-positive fibres were only found in the excluded subject and
are therefore not presented. The elderly had significantly more MHCn- and NCAM-positive fibres
compared to the young (Figure 2).

No significant differences between the previously exercised and the control leg were found in either
the young or the elderly for MHCn or NCAM (online Supplementary Figure S3). We evaluated the fibre
size of all transversely cut MHCn- and NCAM-positive fibres from the control leg. A clear majority
of the MHCn- and NCAM-positive muscle fibres were smaller than 150 μm2 (online Supplementary
Figure S3).
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Figure 1. Muscle fibre size analysis in biopsy cross-sections from the control legs of 12 young and
11 elderly women. Individual values are displayed and with type I and II values for an individual
connected by a dashed line. The type II fibres of the elderly individuals were significantly smaller than
their own type I fibres and the type II fibres of the younger individuals. * p < 0.001 vs. young type
II, # p < 0.001 between fibre types in elderly. Images (a–d) illustrate the analysis process. (b,d) show
representative images of the same area, which has been delineated by the macro in ImageJ. This is an
elderly subject with a mean fibre size of 3025 μm2 and 1688 μm2 for type I and II fibres, respectively.
Similarly, a and c show representative images of the same area in a young subject with a mean fibre size
of 3574 μm2 and 3378 μm2 for type I and II fibres, respectively. MHC1, myosin heavy chain 1. Scale
bars = 100 μm.

One biopsy from the exercised leg of a young subject showed 13 NCAM-positive fibres (1.3%
of total fibre count) all located adjacent to a thick band of connective tissue, reminiscent of the
myotendinous junction (MTJ). Collagen XXII staining confirmed that this was in fact MTJ, so these
fibres were not included in the analysis of this biopsy (see online Supplementary Figure S4 for image).
One young subject had 13 (1.45% of total fibre count) NCAM-positive fibres, all of which were located
at the edge of the biopsy. This area was not stained by collagen XXII and remained NCAM-positive on
additional sections and was therefore not excluded from the analysis. In all other samples MHCn- and
NCAM-positive fibres were randomly scattered in between normal muscle fibres.
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Figure 2. Muscle fibres positive for MHCn or NCAM in biopsy cross-sections from 12 young and
11 elderly women. Only the control leg is shown. Individual values are presented with the median
(horizontal line). Panels show examples of small MHCn (a) and NCAM (b), and large MHCn (c) and
NCAM (d) fibres (arrows). Positive fibres are green, dystrophin, red. * p < 0.05 vs. young. MHCn,
neonatal myosin heavy chain; NCAM, neural cell adhesion molecule. Scale bars = 100 μm.

3.3. Tissue mRNA at Baseline and in Response to Exercise—Young and Elderly Women

The muscle tissue of the elderly women had significantly lower levels of AChR β1 mRNA
compared to the young women, whereas levels of both AChR γ and MHCn mRNA were higher in the
elderly compared to the young (Figure 3). Tendencies for differences were seen for gene expression
levels of AChR α1 and muscle-specific-kinase (MuSK).

Both the elderly and the young women had a significant upregulation of AChR α1 mRNA in
the previously exercised leg compared to the control leg (Figure 3). The exercise response of AChR δ

mRNA only reached statistical significance in the elderly. AChR ε mRNA were detected in less than
half of the samples at levels very close to detection limit of one molecule and with no preference for
any group (data not shown).
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Figure 3. Gene expression in muscle biopsies of healthy young (n = 12) and elderly (n = 11) women, at
rest (control) and five days after a single bout of one-legged exercise. mRNA data were normalized to
RPLP0 and are shown as geometric means ± back-transformed SEM, relative to young control legs
(control leg) and own control leg (response to exercise). * p < 0.05 elderly vs. young. # p < 0.05 vs.
control leg. Tendencies are written. AChR: acetylcholine receptor; MuSK: muscle-specific-kinase;
MHCe: embryonic myosin heavy chain; MHCn, neonatal myosin heavy chain; NCAM, neural cell
adhesion molecule; GAPDH: Glyceraldehyde-3-Phosphate Dehydrogenase; RPLP0: Ribosomal Protein
Lateral Stalk Subunit P0.

3.4. Cell Culture at Baseline and in Response to Exercise—Young and Elderly Women

The fusion index of the cell cultures from the rested and exercised legs of the elderly women was
36.3 ± 4.2% and 36.1 ± 5.0%, respectively, with the corresponding values for the young group being
52.2 ± 1.8% and 49.8 ± 2.2%, respectively (main effect of age, two-way repeated measures ANOVA).

All gene expression targets were more strongly expressed in differentiating compared to
proliferating cells (see online Supplementary Figure S5). In the proliferating condition, the cells
from the elderly had lower gene expression levels of MHCe and MHCn compared to young (Figure 4).
Similarly, we also found a significantly lower level of MHCn gene expression in the differentiating
cells in the control leg in the elderly compared to the young. AChR β1, δ, and γ all showed
age-related tendencies.
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Figure 4. Images display cells in the proliferation condition (Desmin, red, and DAPI, blue) and
in the differentiation condition (Desmin, red, Myogenin, green, and DAPI, blue), scale bars = 500
μm. Gene expression in cell cultures from the control and exercised legs of healthy young (n = 12)
and elderly (n = 11) women. mRNA data were normalized to RPLP0 and are shown as geometric
means ± back-transformed SEM, relative to young control leg (control leg) and own control leg
(response to exercise). * p < 0.05 elderly vs. young. # p < 0.05 vs. control leg. Tendencies are
written. AChR: acetylcholine receptor; MuSK: muscle-specific-kinase; MHCe: embryonic myosin
heavy chain; MHCn, neonatal myosin heavy chain; NCAM, neural cell adhesion molecule; GAPDH:
Glyceraldehyde-3-Phosphate Dehydrogenase; RPLP0: Ribosomal Protein Lateral Stalk Subunit P0.

Differentiating cells from the previously exercised leg from the young subjects demonstrated a
lower gene expression of MHCn versus the control leg (Figure 4).

3.5. Tissue mRNA in Response to Exercise—Elderly Men

In general, gene expression in four out of the five AChR measured demonstrated a response to
exercise. AChR α1 mRNA was downregulated 4.5 h and one day after the exercise and returned to
baseline in four days (Figure 5). AChR β1 mRNA was downregulated at 1, 4, and 7 days. AChR δ

mRNA showed a tendency for a decline 4.5 h after exercise and was upregulated seven days after
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the exercise. AChR γ mRNA decreased 4.5 h after the exercise bout. No significant exercise-induced
changes in gene expression of the AChR ε subunit, MuSK, MHCe, or MHCn were observed.

Figure 5. Gene expression in muscle biopsies of 25 healthy elderly men ten days before (baseline) and
4.5 h, one day, four days, and seven days after a single bout of exercise. mRNA data were normalized
to RPLP0 and are shown as geometric means ± back-transformed SEM, relative to baseline. * p < 0.05
vs. baseline. Tendencies are written. AChR: acetylcholine receptor; MuSK: muscle-specific-kinase;
MHCe: embryonic myosin heavy chain; MHCn, neonatal myosin heavy chain; NCAM, neural cell
adhesion molecule; GAPDH: Glyceraldehyde-3-Phosphate Dehydrogenase; RPLP0: Ribosomal Protein
Lateral Stalk Subunit P0.

4. Discussions

The most notable findings of the present study was that the skeletal muscle of elderly individuals,
with morphological signs of ageing as demonstrated by a reduced type II muscle fibre CSA and a
heightened number of denervated muscle fibres, has a significantly elevated gene expression level of
the denervation-responsive AChR γ subunit and MHCn as compared to young healthy individuals.
Our data also suggest an age effect on the capacity of satellite cell-derived myotubes to transcribe
AChR genes, which is fundamental for NMJ maintenance. Furthermore, we provide novel insight
into the transient changes in gene expression of all five muscle AChR subunits following heavy
resistance exercise in healthy elderly human skeletal muscle. Together these data support the role of
exercise in stimulating the stability of the NMJ, but also indicate age-related changes, even in healthy
elderly individuals.
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4.1. Muscle Fibre Denervation in Elderly Humans

Healthy elderly women with clear signs of ageing (lower type II muscle fibre CSA and lower
muscle strength), also show a significantly heightened number of denervated muscle fibres compared
to young healthy women, as evidenced by a greater proportion of fibres positive for NCAM and
MHCn. When a muscle fibre loses its neural input, the plasticity of the peripheral nervous systems
allows for adjacent nerve sprouts to attempt to re-innervate denervated muscle fibres through nerve
sprouting [31]. It is believed that the increased synthesis of NCAM in denervated muscle fibres
facilitates this innervation process [32,33]. Denervated muscle fibres will also revert into an immature
myosin heavy chain configuration, as we found more MHCn-positive fibres in old subjects compared
to the young. Furthermore, we also observed a substantial 10-fold higher gene expression level of
MHCn in the muscle tissue of the elderly compared to the young females, reflecting a persisting
synthesis of this distinct myosin isoform. Importantly, it should be noted that there is not a complete
overlap between MHCn- and NCAM-positive stained fibres, which suggests that the rate at which
these proteins aggregate in the muscle fibres following denervation might differ. In terms of denervated
muscle fibre morphology, we observed a persisting MHCn and NCAM protein presence in even
the smallest of muscle fibres (<75 μm2). These miniature fibres are easily missed during regular
biopsy assessments and could represent long-term denervated fibres that had atrophied over time [34]
and undergone deterioration of muscle proteins [35], but maintained an increased and long-lasting
cytoplasmic expression of MHCn [36] and NCAM [32]. The length of these miniature muscle fibres
is a matter of uncertainty. We have previously been able to follow such fibres through 400 μm of
consecutive biopsy sections in a selected subject [20]. In a sub analysis in the present study, we searched
for MHCn-positive fibres through four consecutive sections and found that 13, 32, and 39% of the
fibres had disappeared after 1, 2, and 3 sections, respectively. This implies a substantial number of
miniature fibres ends, which could indicate that long-term denervated fibres are gradually degraded
both transversally and longitudinally.

4.2. Ageing and Exercise Alter Acetylcholine Receptor Gene Expression

One of our most marked findings is that the gene expression of the AChR γ subunit is robustly
elevated in the skeletal muscle of elderly compared to young females. This coincides with this subunit
being a functionally distinct foetal subunit [37–39], which is increasingly expressed following both
denervation [39,40] and neurotransmitter blocking [41]. Interestingly, in our group of male participants
the muscle homogenate gene expression of the γ subunit was acutely downregulated after the exercise
bout but had already returned to baseline after one day. We were also able to detect this subunit,
as well as α1, β1, and δ subunits, in both proliferating and differentiating cell cultures that were
devoid of neural presence, meaning that satellite cell derived myonuclei can upregulate AChR gene
expression without the presence of a nerve. As satellite cells have been shown to be crucial for
maintaining the specialized post-synaptic region of the muscle fibre [23], it is interesting that we
observed trends for an age effect in three out of the four subunits. It is worth noting that this is the case
even with the conservative Bonferroni correction, but given that the age difference was not always in
the same direction, it is possible that this is a real effect of age (and not an effect of general cell culture
conditions), potentially reflecting an age-related satellite cell dysfunction that could negatively impact
the maintenance of the NMJ. However, it should be noted that the cell cultures derived from satellite
cells of the young subjects showed a significantly higher fusion index compared to the old subjects [25],
indicative of a higher level of myotube maturity. Furthermore, we also observed a positive correlation
between cell fusion index and gene expression levels of AChRγ (R = 0.74), MuSK (R = 0.75), and
MHCe (R = 0.66) in the old group (Supplementary Figure S6). This would suggest that AChRγ gene
expression in aneural cell cultures is increased concordant with myotube maturity and raises the
possibility that the molecular differences we observed between the cell cultures from young and elderly
muscle are determined by the extent of fusion. However we cannot rule out the opposite, i.e., that the
lower gene expression levels contribute to the lower fusion index values.
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Generally, our data show age and exercise effects on AChR γ subunit gene expression, in line
with its suggested use in evaluating muscle fibre denervation in healthy individuals. In our previous
study, we found a negative correlation between age and the AChR γ subunit in a large group of elderly
men [20], which initially might seem to contradict our finding in the present study. However, it is
important to acknowledge that a denervated muscle fibre is not in a “stable state”, meaning that
without the neural input the proteins will be degraded and the structure is gradually lost [34,35].
Ultimately, the muscle fibre completely disappears or is only present as a fraction of its former size and
as such its contribution to the whole muscle gene expression profile will also decline.

Since our study includes one data set from males and the other from females, it is worth considering
similarities in the pattern of the exercise response between the elderly male and female subjects, given
that the day five timepoint of the females can be compared with the four- and seven-day timepoints of
the male. In this way it seems that the α, δ, and γ subunits follow a similar pattern between the genders,
with the first two subunits being upregulated in both male (α only a tendency) and female subjects
after seven and five days, respectively, and the γ subunit being unaffected in both male and female
subjects at these timepoints. The β subunit is consistently downregulated in the male subjects whereas
this subunit is not affected in the elderly women five days after exercise. Whether this represents a true
gender difference and what the functional significance might be however is unknown.

This study is to our knowledge the first to outline the gene expression time course for all AChR
subunits following acute heavy resistance exercise and the first to analyse the expression of four out of
five AChR subunits in both young and elderly individuals at rest and following acute exercise. The
NMJ of humans is challenging to study molecularly since it is difficult to obtain actual human NMJs.
Hence, we rely on extra-synaptic expression of various genes that are related to the NMJ. With this
approach we observed that most subunits were found to be responsive to exercise, which would
suggest that despite having reached an advanced age, there is a sustained tissue plasticity in terms of
synthesizing new AChRs following an exercise stimulus. The subunit-specific responses also appear to
be time-dependent, as some subunits were acutely reduced after exercise followed by a recovery phase,
whereas others were downregulated for longer periods. The root of these widely diverging AChR
subunit time courses is puzzling and, given evidence from animal studies that long-term exercise
increases the size of the NMJ [11], it would be of interest to investigate the potential of lifelong exercise
on NMJ adaptations in humans.

5. Conclusions

Taken together, these data support the concept that the loss of neural signal reverts certain muscle
fibre proteins to an embryonic configuration (NCAM/MHCn/AChR γ) and that these markers are useful
in evaluating the effectiveness of interventions to counteract the denervation-induced loss of muscle
fibres in humans. Gene expression levels of the AChR γ subunit in particular repeatedly demonstrated
sensitivity to age and exercise. The trends for age-related differences in the gene expression of AChR
subunits in myotubes in cell culture were related to myogenic fusion index and potentially suggest a
loss of satellite cell function in relation to the capacity to transcribe key molecules for NMJ stability.
Finally, it can be speculated that the temporal manner of the AChR subunit gene expression response
following exercise represents a beneficial stimulus for muscle mass preservation through strengthening
of the NMJ.

Supplementary Materials: The following are available online at http://www.mdpi.com/2073-4409/9/4/893/s1,
Figure S1: Gene expression in muscle biopsies of elderly men receiving losartan (n = 13) or placebo (n = 12).
mRNA data were normalized to RPLP0, log-transformed, and are shown as geometric means ± back-transformed
SEM, relative to baseline (–10d). Data were analysed with a two-way repeated measures ANOVA (treatment/time).
* p < 0.05 vs. baseline. Tendencies are written; Figure S2: Panel showing four consecutive biopsy sections of an
area with small MHCn-positive muscle fibres (a–d). The dotted squares (b,d) highlight the areas of the inserts
(b1 + 2 and d1 + 2), in which a distinct dystrophin membrane is visible around the small fibre. Note that one of the
positive muscle fibres is no longer visible in (c) and (d). MHCn-positive fibres are red, dystrophin, green, and
nuclei, blue. MHCn, neonatal myosin heavy chain. Scale bars = 20 μm; Figure S3: Muscle fibre size of MHCn- and
NCAM-positive fibres in biopsy cross-sections from the control leg in 12 young and 11 elderly women, pooled
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and plotted on a logarithmic scale (a). The majority of the positive fibres were <100 μm2.Muscle fibres positive
for MHCn and NCAM for young and elderly women in control and exercised legs (b). No differences between
control and exercised leg was observed for any variable. MHCn, neonatal myosin heavy chain; NCAM, neural cell
adhesion molecule; Figure S4: Cross section of a muscle biopsy from one subject stained with NCAM (green)
and collagen XXII (red). Nuclei are blue. NCAM-positive fibres are found in close proximity of a tendon-like
structure and collagen XXII positivity confirms this is a myotendinous junction. These fibres were excluded from
the analysis. Scalebar is 500 μm; Figure S5: Differentiating cells relative to proliferating cells in control leg of
young women. mRNA data were normalized to RPLP0 and are shown as geometric means ± SEM. * p < 0.05 vs.
proliferation; Figure S6: Myogenic fusion index correlates with cell culture mRNA levels of AChRγ, MuSK, and
MHCe in rested leg of elderly (n = 10) but not young (n = 11) subjects. All mRNA data were log transformed and
analysed with Pearson’s correlation, with R and P values displayed.
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Abbreviations

MHCe Embryonic myosin heavy chain
MHCn Neonatal myosin heavy chain
NCAM Neural cell adhesion molecule
MHC1 Myosin heavy chain 1
DYST Dystrophin
AChR Acetylcholine receptor
DAPI 4′,6-Di-amidino-2-phenylindole
TBS Tris-buffered saline
BSA Bovine serum albumin
mTOR Mammalian target of rapamycin
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Abstract: As the first limiting amino acid, lysine (Lys) has been thought to promote muscle fiber
hypertrophy by increasing protein synthesis. However, the functions of Lys seem far more complex
than that. Despite the fact that satellite cells (SCs) play an important role in skeletal muscle growth,
the communication between Lys and SCs remains unclear. In this study, we investigated whether
SCs participate directly in Lys-induced skeletal muscle growth and whether the mammalian target
of rapamycin complex 1 (mTORC1) pathway was activated both in vivo and in vitro to mediate SC
functions in response to Lys supplementation. Subsequently, the skeletal muscle growth of piglets was
controlled by dietary Lys supplementation. Isobaric tag for relative and absolute quantitation (iTRAQ)
analysis showed activated SCs were required for longissimus dorsi muscle growth, and this effect
was accompanied by mTORC1 pathway upregulation. Furthermore, SC proliferation was governed
by medium Lys concentrations, and the mTORC1 pathway was significantly enhanced in vitro.
After verifying that rapamycin inhibits the mTORC1 pathway and suppresses SC proliferation,
we conclude that Lys is not only a molecular building block for protein synthesis but also a signal
that activates SCs to manipulate muscle growth via the mTORC1 pathway.

Keywords: lysine; mTORC1; satellite cells; proliferation; skeletal muscle growth

1. Introduction

Lysine (Lys) is the first limiting essential amino acid for mammals consuming a predominantly
cereal-based diet [1,2]. The important role of Lys in promoting skeletal muscle growth has already been
demonstrated in animal husbandry, and this effect was attributed to increased protein synthesis [3,4].
Moreover, the functions of Lys in preventing human illnesses, such as osteoporosis and maldevelopment,
have been intensively studied to protect human health [5,6]. In contrast, a low Lys diet has been used
to treat glutaric aciduria type I and pyridoxine-dependent epilepsy [7,8], despite the fact that Lys
deficiency causes severe body growth restriction and a reduction in body weight [9]. Furthermore,
to study the mechanism of Lys in governing skeletal muscle growth, it has been reported that the
mammalian target of rapamycin complex 1 (mTORC1) pathway is activated by Lys in the skeletal
muscle of rats [10]. Additionally, Lys suppresses protein degradation in C2C12 myotubes via greater
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mTORC1 pathway phosphorylation [11]. However, protein synthesis is controlled by DNA in the
nucleus, such that a higher number of cell nuclei in myofibers means greater protein synthesis
efficiency [12].

As muscle stem cells are involved in skeletal muscle growth, satellite cells (SCs) are distributed in
the basal lamina and sarcolemma of skeletal muscle fibers [13,14]. It has already been established that
through proliferation [14], migration [15] and fusion into myotubes to form new nuclei, SCs contribute
considerably to muscle fiber hypertrophy [16]. Moreover, in the study of SCs, the mTORC1
pathway is an invaluable index [17,18]. First, mTORC1 is critical for SC participation in skeletal
muscle regeneration [19]. Another study showed that mTORC1 is also necessary for RNA-induced
mitochondrial restoration in SC activation [17]. Furthermore, the addition of leucine (Leu) could
promote proliferation in rat SCs via increasing mammalian target of rapamycin (mTOR) and ribosomal
protein S6 kinase 1 (S6K1) phosphorylation [20]. Alway et al. found that a metabolite of Leu,
β-hydroxy-β-methylbutyrate (HMB), promotes SC proliferation but does not activate the mTORC1
pathway [21]. Thus, investigating whether Lys could function as a signal regulatory factor that
regulates SC proliferation through the mTORC1 pathway to promote skeletal muscle growth is
an important endeavor.

In the current work, we aimed to expand our understanding of the role of Lys in governing
skeletal muscle growth. Our research was designed to determine the specific skeletal muscle growth of
piglets with dietary Lys supplementation in greater detail than a previous study [22]. Importantly,
isobaric tag for relative and absolute quantitation (iTRAQ) analysis of the longissimus dorsi muscle
displayed differentially expressed proteins related to SCs and the mTORC1 pathway, indicating the
potential communication between Lys, the mTORC1 pathway and SCs in skeletal muscle growth.
Then, we investigated the changes in proliferation and protein synthesis by accurately controlling
Lys supplementation in medium to demonstrate that SC proliferation relies on mTORC1 pathway
activation. Moreover, rapamycin was used to confirm the indispensable role of the mTORC1 pathway
in the proliferation of SCs with Lys re-supplementation.

2. Materials and Methods

2.1. Ethics Statement

All animal procedures were performed in accordance with the Guidelines for the Care and Use of
Laboratory Animals of South China Agricultural University (Guangzhou, China), and the experiments
were approved by the Animal Ethics Committee (SCAU#0158Ethic Committee Approval Number) of
South China Agricultural University (Guangzhou, China).

2.2. Animals and Sample Collection

The design for the feeding experiment is shown in Table S1. Briefly, a total of 30 Duroc × Landrace
× Large White, male, weaned piglets with similar weights were divided randomly into 2 groups from
days 0 to 14: the control group was fed a diet containing 1.31% Lys (n = 12), and the Lys deficiency
group was fed a diet containing 0.83% Lys (n = 18). On day 15, six piglets closest to the average weight
of each group were selected to determine skeletal muscle growth. Then, the remaining piglets in the
Lys deficiency group were divided randomly into two groups from days 15 to 28: the Lys deficiency
group was fed a diet containing 0.83% Lys (n = 6), and the Lys rescue group was fed a diet containing
1.31% Lys (n = 6). In addition, the remaining piglets in the control group were fed a diet containing
1.31% Lys between days 15 and 28 (n = 6). On day 29, all piglets were slaughtered, and the weight of
their skeletal muscle was measured. Longissimus dorsi muscle samples were collected from all of the
piglets at days 15 and 29, flash-frozen with liquid nitrogen and stored at − 80 ◦C.
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2.3. Amino Acid Detection

To determine the content and concentration of amino acids in longissimus dorsi muscle, samples
containing 20 mg protein were weighed and hydrolyzed with 6 mol/L hydrochloric acid (HCL) at 110 ◦C
for 22 h. Then, the hydrolyzed liquid was transferred into a 50 mL volumetric flask with ultrapure
water. Then, 1 mL of hydrolyzed liquid was dried by distillation and re-dissolved in 0.02 mol/L
HCL. Finally, the amino acid composition was analyzed by an amino acid analyzer (Hitachi L-8900,
Tokyo, Japan).

2.4. Protein Extraction

Tissue samples (n = 3) were excised and transferred into new tubes containing tissue lysis buffer
(1% SDS, 8 mol/L urea) and 1 mmol/L phenylmethanesulfonyl fluoride (PMSF, Sigma-Aldrich, St. Louis,
MO, USA). Then, the lysates were homogenized for 4 min using a TissueLyser (CK1000, Thmorgan,
Beijing, China) and incubated on ice for 30 min. The lysates were centrifuged at 12,000× g and 4 ◦C
for 15 min, and the supernatants were collected. The concentration of proteins was quantified using
a micro-bicinchoninic acid assay (BCA) kit (Thermo-Fisher, Waltham, MA, USA) and separated on
sodium dodecyl sulfate polyacrylamide gel electrophoresis (SDS-PAGE) gels.

2.5. iTRAQ Proteome Analysis

Proteins were treated with tris-(2-carboxyethyl)-phosphine (TECP, Sigma-Aldrich, St. Louis,
MO, USA) and iodoacetamide and digested with trypsin. Then, the peptide mixture was labeled
using the 8-plex iTRAQ reagent according to the manufacturer’s instructions (Applied Biosystems,
Foster City, CA, USA). Because there were eight samples, the peptides were divided into two parts for
subsequent detection. For the first peptide group, the control group samples were labeled 115/116,
the Lys deficiency group samples were labeled 117, the Lys rescue group samples were labeled 118/119,
and the mixture (total of nine samples) was labeled 121. For the second peptide group, the control
group samples were labeled 115, the Lys deficiency group samples were labeled 116/118, the Lys
rescue group samples were labeled 119, and the mixture (total of nine samples) was labeled 121. Then,
equal amounts of peptides from each peptide group were mixed together and vacuum dried.

Then, the peptides were separated by ultra-performance liquid chromatography (UPLC) with
a Nano Aquity UPLC system (Waters, Milford, MA, USA) and analyzed in combination with
a quadrupole-orbitrap mass spectrometer (Q-Exactive, Thermo-Fisher, Waltham, MA, USA) and
an Easy-nLC 1200 (Thermo-Fisher, Waltham, MA, USA) for Nano LC-MS/MS analysis. Finally,
the MS/MS data were searched using Protein Discoverer Software 2.1 against the Sus scrofa musculus
database (UniProt, https://www.UniProt.org). The false discovery rate (FDR) applied to the control
peptide level was defined as lower than 1%. For quantitative analysis, the 0.66 < fold change < 1.5 and
p-value < 0.05 were the threshold values used to identify the differentially expressed proteins.

All identified proteins were annotated and classified by Gene Ontology (GO, http://www.
geneontology.org), and the differentially expressed proteins were then analyzed by GOATOOLS
0.6.5 (https://pypi.org/project/goatools/) for the GO enrichment analysis. Data are available via
ProteomeXchange with identifier PXD016396.

2.6. Immunohistochemical Analysis

First, the muscle samples were dehydrated with a 20% sucrose solution for 24 h and embedded in
Tissue Tek to prepare the cryosections (5 μm, with at least six sections collected from each sample).
Then, the tissue slides were incubated with Pax7 (MAB1675, R&D, Minneapolis, MN, USA) and Ki67
(NB500-170, Novus, Miami, FL, USA) at 4 ◦C overnight. After the slides were washed three times with
phosphate-buffered saline (PBS), they were incubated with Alexa Fluor® 488 AffiniPure goat anti-mouse
IgG (115-545-003, Jackson, West Grove, PA, USA) and Cy3-AffiniPure Goat anti-rabbit IgG (111-165-045,
Jackson, West Grove, PA, USA) at room temperature for 90 min. Next, the slides were washed 3 times
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with PBS and incubated with 4′,6-diamidino-2-phenylindole (DAPI, Sigma-Aldrich, St. Louis, MO,
USA) at room temperature for 5 min. Images were obtained using an immunofluorescence microscope
(Ti2-U, Nikon, Tokyo, Japan TYPE, COMPANY, CITY, COUNTRY).

2.7. Western Blotting

Protein was extracted from the longissimus dorsi muscle or SCs with lysis buffer (RIPA, BioTeke,
Beijing, China) and PMSF (Sigma-Aldrich, St. Louis, MO, USA). Next, the samples were centrifuged
at 12,000× g and 4 ◦C for 15 min, and the protein concentration was determined using a micro
BCA protein assay kit (Thermo-Fisher, Waltham, MA, USA). A total of 10 μg of protein was
separated on 8–10% sodium dodecyl sulfate polyacrylamide gel electrophoresis (SDS-PAGE) gels and
then transferred onto polyvinylidene fluoride membranes (PVDF, Millipore, Darmstadt, Germany).
After blocking, the membranes were incubated with specific primary and second antibodies (Table S2).
Immunoreactivity was detected using an electrochemiluminescence (ECL) Plus chemiluminescence
detection kit (Millipore, Darmstadt, Germany) and a Fluor Chem M system (Protein Simple, Santa Clara,
CA, USA). The band density was analyzed using ImageJ Analysis Software (https://imagej.nih.gov)
after excluding the background density (n = 3). The results were confirmed by three independent
experiments with three samples per treatment.

2.8. Isolation and Culture of SCs

The method used to isolate, purify and identify the SCs was performed as described previously
with modification [23]. In this study, SCs were isolated from the longissimus dorsi muscle of
5-day-old Landrace piglets and cultured in Dulbecco’s modified Eagle’s Medium/Nutrient Mixture
F-12 (DMEM/F-12, Thermo-fisher, Waltham, MA, USA) supplemented with 10% fetal bovine serum
(FBS, Thermo-fisher, Waltham, MA, USA) at 37 ◦C and 5% CO2. The medium was changed every 48 h.

2.9. Lys Depletion and Supplementation

After a 24 h period to allow adhesion, cells were starved for 6 h in FBS- and Lys-free DMEM/F12
medium. Then, the cells were cultured in 500 μmol/L Lys (control) and 0 μmol/L Lys (Lys deficiency)
DMEM/F12 medium with 10% FBS for 24, 48 and 72 h to investigate cell proliferation. For proliferation
rescue, due to the extreme decrease in proliferation after Lys deficiency for 48 h, we added sufficient
Lys for another 72 h at this point. Lys concentrations in DMEM/F12, FBS and culture medium are
displayed in Table S3.

2.10. Cell Proliferation Assay

For the 3-(4,5-dimethylthiazol-2-yl)-2, 5-diphenyltetrazolium bromide (MTT) assay, 20 μL 5 mg/mL
MTT solution (Sigma-Aldrich, St. Louis, MO, USA) was added to each well and incubated for 4 h.
Then, the plates were centrifuged at 1400× g for 15 min at 25 ◦C. A total of 150 μL dimethylsulfoxide
(DMSO) working solution was added to each well after the supernatants were carefully discarded.
The OD value of the product was evaluated using a microplate reader (Bio-Rad, Hercules, CA, USA) at
a wavelength of 490 nm (n = 20). For the cell count assay [14,24], SCs were trypsinized and washed
with PBS 3 times, and viable cells were counted using a hemocytometer under an automated cell
counter (Count Star, Shanghai, China, n = 10).

2.11. Flow Cytometry

SCs were seeded at a density of 5 × 105 cells/well in 6-well culture plates (Corning, Corning, NY,
USA) to detect the cell cycle distribution. The cultivation process was carried out as described above
and according to a method described previously [25]. After harvesting at 24, 48 and 72 h, the cells
were fixed in 70% ice-cold ethanol at −20 ◦C for cell cycle analysis. Before the samples were analyzed
by flow cytometry using a Becton Dickinson Fluorescence Activating Cell Sorter Aria (BD Biosciences,

412



Cells 2019, 8, 1549

San Diego, CA, USA), the cells were centrifuged at 200× g and 4 ◦C for 5 min, re-suspended in 1 mL
PBS, treated with 100 μL 200 mg/mL DNase-free RNase, incubated at 37 ◦C for 30 min, and treated
with 100 μL 1 mg/mL propidium iodide (PI, Sigma-Aldrich, St. Louis, MO, USA) at room temperature
(25 ◦C) for 10 min (n = 6).

2.12. Protein Synthesis

To measure protein synthesis, a nonradioactive technique called surface sensing of translation
(SUnSET) was used [26,27]. In this study, 1 μg/mL puromycin (Millipore, Waltham, MA, USA) was
added to all wells for an additional 30 min of culture, and puromycin was detected by western
blotting with an anti-puromycin antibody (Millipore, Waltham, MA, USA, Table S2). The total protein
concentration was determined by BCA (Thermo-fisher, Waltham, MA, USA).

2.13. Immunofluorescence Staining

SCs were cultured for 96 h for the proliferation rescue assay and differentiation rescue assay. First,
SCs were fixed in 4% paraformaldehyde for 30 min and then permeabilized with 0.1% Triton-X-100
for 10 min. After blocking with 1% bull serum albumin (BSA) and 10% goat serum for 30 min,
the SCs were stained with primary antibodies for 90 min and then probed with goat anti-rabbit
IgG (Table S2). In addition, the nuclei were labeled with 4′,6-diamidino-2-phenylindole (DAPI,
Sigma-Aldrich, St. Louis, MO, USA) for 5 min at room temperature. Images were obtained using
immunofluorescence microscopy.

2.14. Rapamycin Inhibition

After Lys deficiency for 48 h, Lys rescue medium was added alone or combined with 20 or
50 nmol/L (nM) rapamycin for another 48 h. After a total of 96 h, cell viability was measured by MTT
assay, and cell proliferation was measured by cell count assay. In addition, cell samples were collected
to detect protein synthesis and the mTORC1 pathway by western blotting.

2.15. Statistical Analysis

The data were analyzed using Statistical Analysis System software (SAS, Version 9.2; SAS Institute,
Cary, NC, USA). For control group and Lys deficiency group comparisons, the results were analyzed by
t-test. For control group, Lys deficiency group and Lys rescue group comparisons, the mean data were
assessed for significance using Tukey’s test. The data are expressed as the mean ± S.E.M. Differences
between treatments were considered statistically significant when p < 0.05 and extremely significant
when p < 0.01.

3. Results

3.1. Skeletal Muscle Growth in Piglets Relies on Dietary Lys Supplementation

To determine the effects of dietary Lys supplementation on the skeletal muscle growth of weaned
piglets, we developed the experimental design shown in Supplemental Table 1. After the piglets (initial
body weight: control = 8.42 ± 0.11 kg versus Lys deficiency = 8.42 ± 0.08 kg) were fed the Lys-restricted
diet for 14 d, we found that the growth of the piglets (final body weight: control = 11.91 ± 0.18 kg
versus Lys deficiency = 11.33 ± 0.18 kg) was significantly suppressed (Table S4). In detail, compared
with those of the control group, the relative weights of the longissimus dorsi muscle, extensor carpi
radialis muscle, semimembranosus muscle, total forequarters muscle and total hindquarters muscle
were significantly decreased by dietary Lys deficiency for 14 d (Table S4).

After dietary Lys deficiency for 14 d, the piglets received a diet we supplemented to match the
level in the control diet for another 14 d. Obviously, the final weight of the piglets in the Lys rescue
group was significantly increased compared with that of the piglets in the Lys deficiency group (Table 1).
Moreover, compared with those after Lys deficiency for 28 d, the relative weights of the longissimus
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dorsi muscle, lateral head of triceps of brachii muscle, extensor carpi radialis muscle, biceps femoris
muscle, semimembranosus muscle, semitendinosus muscle, cranial tibial muscle, soleus muscle, lateral
head of gastrocnemius muscle and total hindquarters muscle were all increased in the Lys rescue
group, which was subjected to dietary Lys deficiency for 14 d and re-supplemented for another 14 d
(Table 1). Collectively, these findings suggest that skeletal muscle growth in piglets relies on dietary
Lys supplementation.

Table 1. Effect of dietary Lys re-supplementation on the skeletal muscle growth of weaned piglets on
28 d (n = 5, %) 1.

Item Control Lys Deficiency Lys Rescue p-Value

Initial Weight (kg) 12.02 ± 0.29 11.32 ± 0.44 11.34 ± 0.35 0.336
Final Weight (kg) 17.95 ± 0.49 a 15.99 ± 0.30 b 17.44 ± 0.46 a 0.018

Longissimus Dorsi Muscle 2.00 ± 0.06 ab 1.86 ± 0.07 b 2.19 ± 0.06 a 0.018
Psoas Major Muscle 0.34 ± 0.01 a 0.28 ± 0.01 b 0.30 ± 0.01 b 0.014

Forequarters muscles
Infraspinatus Muscle 0.24 ± 0.02 0.22 ± 0.01 0.21 ± 0.01 0.221
Supraspinatus Muscle 0.41 ± 0.02 0.40 ± 0.01 0.42 ± 0.02 0.538

Subclavius Muscle 0.23 ± 0.02 0.25 ± 0.01 0.22 ± 0.01 0.227
Latissimus Dorsi Muscle 0.26 ± 0.03 0.26 ± 0.04 0.27 ± 0.03 0.925

Long Head of Triceps of Brachii Muscle 0.63 ± 0.02 0.63 ± 0.01 0.67 ± 0.02 0.201
Lateral Head of Triceps of Brachii Muscle 0.17 ± 0.01 a 0.14 ± 0.004 b 0.18 ± 0.01 a 0.003

Extensor Carpi Radialis Muscle 0.13 ± 0.003 a 0.12 ± 0.002 b 0.13 ± 0.003 a 0.011
Extensor Muscle of Second- and

Third-Digits 0.02 ± 0.001 0.02 ± 0.002 0.02 ± 0.002 0.684

Lateral Digital Extensor Muscle 0.02 ± 0.001 0.02 ± 0.001 0.02 ± 0.002 0.441
Total Forequarters Muscles 2.15 ± 0.07 2.02 ± 0.03 2.15 ± 0.03 0.111

Hindquarters muscles
Middle Gluteus Medius Muscle 0.54 ± 0.02 0.48 ± 0.02 0.55 ± 0.03 0.102

Superficial Gluteal Muscle 0.17 ± 0.01 0.14 ± 0.01 0.15 ± 0.02 0.457
Biceps Femoris Muscle 1.15 ± 0.01 a 1.04 ± 0.04 b 1.21 ± 0.02 a 0.008

Semimembranosus Muscle 1.36 ± 0.06 ab 1.23 ± 0.05 b 1.46 ± 0.03 a 0.013
Semitendinosus Muscle 0.39 ± 0.02 ab 0.36 ± 0.01 b 0.41 ± 0.01 a 0.043

Tensor fascia Lata Muscle 0.18 ± 0.02 0.17 ± 0.01 0.20 ± 0.01 0.313
Cranial Tibial Muscle 0.04 ± 0.003 a 0.03 ± 0.001 b 0.04 ± 0.002 a 0.045
Long Peroneal Muscle 0.04 ± 0.003 a 0.03 ± 0.001 b 0.03 ± 0.002 b 0.035

Peroneus Tertius Muscle 0.08 ± 0.003 0.08 ± 0.002 0.08 ± 0.002 0.191
Gemelli Muscle 0.27 ± 0.01 a 0.23 ± 0.01 b 0.25 ± 0.01 ab 0.018
Soleus Muscle 0.23 ± 0.005 a 0.19 ± 0.01 b 0.23 ± 0.01 a 0.020

Lateral Head of Gastrocnemius Muscle 0.37 ± 0.005 a 0.31 ± 0.01 b 0.36 ± 0.02 a 0.027
Adductor Muscle 0.18 ± 0.02 0.19 ± 0.01 0.21 ± 0.01 0.301

Total Hindquarters Muscles 4.98 ± 0.12 a 4.49 ± 0.12 b 5.17 ± 0.11 a 0.004
1 Values without the same small letters within the same line indicate a significant difference (p < 0.05).

3.2. Lys-induced Skeletal Muscle Growth in Relation to SC Activation Level

In addition to the great change in longissimus dorsi muscle mass with dietary Lys supplementation
(Tables S1 and S4), we also found that the Lys concentration in the longissimus dorsi muscle was
significantly reduced by dietary Lys deficiency for 14 d (Table S5), whereas it could be rescued by
dietary Lys re-supplementation for an additional 14 d (Table 2). Furthermore, the concentrations of
threonine (Thr), serine (Ser), glutamate (Glu) and arginine (Arg) showed the same changes as Lys
(Tables S2 and S5).

Considering these findings, we collected muscle samples for iTRAQ analysis to learn more
about the role of Lys in governing skeletal muscle growth (Figure 1). After GO enrichment analysis,
we found that proteins related to the transition between slow and fast fibers, filamin binding,
mitogen-activated protein kinase binding, cytoskeletal protein binding, actin cytoskeleton, microtubule
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binding, cytoskeleton organization, tubulin binding and muscle myosin complexes were enriched
in the Lys deficiency versus control downregulated proteins (Figure 1A), indicating that the muscle
structure was changed.

Table 2. Effect of dietary Lys re-supplementation on the concentrations of amino acids in the longissimus
dorsi muscle on day 28 (freeze-dried basis, %) 1.

Item Control Lys Deficiency Lys Rescue p-Value

Aspartate 0.11 ± 0.003 ab 0.10 ± 0.006 b 0.12 ± 0.003 a 0.038
Threonine 0.06 ± 0.003 a 0.05 ± 0.003 b 0.06 ± 0.002 a 0.015

Serine 0.05 ± 0.000 a 0.04 ± 0.003 b 0.05 ± 0.002 a 0.002
Glutamate 0.21 ± 0.003 a 0.18 ± 0.012 b 0.21 ± 0.006 a 0.024

Glycine 0.07 ± 0.003 0.06 ± 0.000 0.07 ± 0.006 0.423
Alanine 0.07 ± 0.003 0.07 ± 0.006 0.08 ± 0.003 0.671
Valine 0.06 ± 0.003 ab 0.06 ± 0.003 b 0.07 ± 0.002 a 0.017

Isoleucine 0.07 ± 0.003 ab 0.06 ± 0.003 b 0.07 ± 0.002 a 0.025
Leucine 0.12 ± 0.003 ab 0.11 ± 0.009 b 0.13 ± 0.004 a 0.059
Tyrosine 0.05 ± 0.000 0.05 ± 0.003 0.05 ± 0.003 0.354

Phenylalanine 0.07 ± 0.000 ab 0.06 ± 0.006 b 0.07 ± 0.003 a 0.103
Lysine 0.11 ± 0.003 a 0.09 ± 0.006 b 0.11 ± 0.003 a 0.006

Histidine 0.05 ± 0.003 0.04 ± 0.003 0.05 ± 0.003 0.547
Arginine 0.09 ± 0.000 a 0.08 ± 0.006 b 0.10 ± 0.002 a 0.007

1 Values without the same small letters within the same line indicate a significant difference (p < 0.05).

In addition, in the Lys deficiency versus control upregulated proteins, the enrichment of lipase
inhibitor activity, negative regulation of homotypic cell-cell adhesion, negative regulation of cell
activation, response to nutrients and negative regulation of wound healing were observed (Figure 1B),
and these results suggested that the functions of the muscle cells were disturbed.

Furthermore, proteins related to protein kinase C inhibitor activity, protein Ser/Thr kinase
inhibitor activity and cellular response to amino acid starvation were enriched in the Lys rescue versus
control downregulated proteins (Figure 1C). Thus, the mTORC1 pathway may play a crucial role in
Lys-controlled skeletal muscle growth.

More importantly, the results for the Lys rescue versus control upregulated proteins showed
that the proteins related to the negative regulation of fat cell differentiation, regulation of fibroblast
proliferation, regulation of lens fiber cell differentiation, positive regulation of cell proliferation,
sarcolemma, basal plasma membrane, basolateral plasma membrane and cell-cell adhesion were
enriched (Figure 1D). These data suggest that SCs may be activated.

Moreover, the results for the Lys rescue versus Lys deficiency downregulated proteins showed
that the positive regulation of fibril organization, regulation of fibril organization and positive
regulation of gap junction assembly were enriched (Figure 1E). The results for the Lys rescue versus
Lys deficiency upregulated proteins showed that the muscle system process, negative regulation of fat
cell differentiation, muscle hypertrophy, positive regulation of myoblast differentiation, regulation of
myoblast differentiation, regulation of fibroblast proliferation, regulation of cell differentiation, positive
regulation of muscle cell differentiation, regulation of muscle cell differentiation and regulation of
developmental process were enriched (Figure 1F). In summary, these results indicate that skeletal
muscle growth regulation by dietary Lys supplementation is possibly connected with the mTORC1
pathway and SCs.
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Figure 1. GO enrichment analysis of differentially expressed proteins in the longissimus dorsi muscle on
day 28 according to iTRAQ analysis. (A) GO enrichment analysis results (Lys deficiency versus control)
for downregulated proteins. (B) GO enrichment analysis results (Lys deficiency versus control) for
upregulated proteins. (C) GO enrichment analysis results (Lys rescue versus control) for downregulated
proteins. (D) GO enrichment analysis results (Lys rescue versus control) for upregulated proteins. (E) GO
enrichment analysis results (Lys rescue versus Lys deficiency) for downregulated proteins. (F) GO
enrichment analysis results (Lys rescue versus Lys deficiency) for upregulated proteins. The x-axis
represents the different GO terms, and the y-axis represents the enrichment ratio (the ratio between the
protein number enriched in the GO term and the protein number annotated to the GO term; the greater
the ratio was, the greater the enrichment found was), * p < 0.05, ** p < 0.01, *** p < 0.001.
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3.3. SCs and mTORC1 Activity Are Enhanced in Lys-induced Skeletal Muscle Growth

The specific marker Pax7 and the proliferation marker Ki67 were detected in SCs in the longissimus
dorsi muscle on days 14 and 28 by immunohistochemical analysis (Figures S1A and S2A). Based on
the total cells (stained with DAPI), dietary Lys deficiency for 14 d or 28 d significantly decreased
the numbers of Pax7-positive cells and Pax7 + Ki67-positive cells compared with the control cells
(Figures S1B and S2B). Interestingly, compared with those in the Lys deficiency group, the numbers
of Pax7-positive cells, Ki67-positive cells and Pax7 + Ki67-positive cells were all increased in the Lys
rescue group and were even higher than those in the control group (Figure 2B). In addition, compared
with the control group and Lys rescue group, the Lys deficiency group had a decreased ratio of Pax7
+ Ki67-positive cells to Pax7-positive cells, regardless of deficiency for 14 d or 28 d (Figures 1C and
2C). Taken together, these observations suggest that the status of SCs in terms of proliferation in the
longissimus dorsi muscle is regulated by dietary Lys supplementation.

In addition, we observed that the key proteins in the mTORC1 pathway, such as p-mTOR (Ser2448),
p-S6K1 (Thr389), p-S6 (Ser235), p-4EBP1 (Thr470) and eIF4E (p = 0.083), were all inhibited by dietary
Lys deficiency for 14 d (Figure 1D,E), and this reduction was observed for samples from the group fed
Lys-deficient diets for 28 d (Figure 2D,E). Fortunately, when dietary Lys deficiency was re-established
to the control level at 14 d and sustained for another 14 d, the restricted key protein levels of the
mTORC1 pathway were all increased (Figure 2D,E). In general, these data indicate that SCs, along with
the mTORC1 pathway, are required for Lys-induced skeletal muscle growth.

3.4. Cell Proliferation Was Rescued with Increased mTORC1 by Lys Re-supplementation.

To gain further insight into the role of Lys in SCs, Lys supplementation treatment was designed as
shown in Figure 3A. In addition, the Lys concentrations in cell culture are shown in Table S3. The MTT
assay results showed that cell viability was significantly reduced under Lys deficiency for 48 h (Figures
S2A and S3B), whereas cell viability was rescued by Lys re-supplementation for 48 h compared with Lys
deficiency for 96 h (Figure 3B). The number of cells detected by an automated cell counter showed that
SC proliferation was significantly decreased under Lys restriction conditions for 24 to 120 h (Figures
S2B and S3C). In contrast, the number of SCs was increased after Lys was re-supplemented for 24 h
after Lys deficiency (Figure 3C). However, cell viability and the number of SCs continued to increase at
a slow rate in the deficiency group. This phenomenon might be explained by the existence of Lys in
FBS (Figure S3). Because proliferation is determined by mitosis and because cell cycle distribution is
a typically evaluated endpoint [25], we further investigated cell cycle distribution using flow cytometry
after Lys deficiency for 48 h (Figure 2C–F). Compared with the control conditions, Lys deficiency
resulted in an increased percentage of G1 cells at 48 h and 72 h, while the number of cells in the S phase
was decreased (Figure 2E,F).

Moreover, because Lys plays an important role in protein synthesis, the SUnSET assay [26,27]
was used to measure changes in protein synthesis in SCs. After Lys deficiency for 48 h, SCs evaluated
by puromycin analysis showed an obvious decrease in protein synthesis (Figure S4A). However,
protein synthesis was obviously increased after Lys was sufficiently supplemented for another 48 h
(Figure 3D). Coomassie blue staining was used to verify equal protein loading (Figures 3E and 4B) [27].
Furthermore, a BCA assay was used to confirm the protein synthesis rate [28], and the results showed
that total protein lysis in SCs cultured in Lys-deficient medium was extremely restricted at 48 h (Figure
S4C) and was then enhanced after 48 h of Lys supplementation (Figure 3F).

Importantly, to investigate whether Lys-stimulated cell proliferation and protein synthesis were
mediated by the mTORC1 pathway, the related proteins were analyzed by western blotting (Figures
S4D,E and S3G,H). Compared with the levels in the control group, the levels of phosphorylated mTOR
(Ser2448) and its downstream targets, phosphorylated S6K1 (Thr389), phosphorylated ribosomal
protein S6 (S6, Ser235) and phosphorylated 4EBP1 (Thr70), and the levels of eukaryotic translation
initiation factor 4E (eIF4E) were significantly decreased in the Lys deficiency group at 48 h and
96 h (Supplemental Figures 4E and 3H). However, compared with those under Lys deficiency for
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96 h, the phosphorylated protein levels of mTOR and its downstream targets, such as 4EBP1 and
S6K1, were restored by Lys supplementation for 48 h after Lys deficiency for 48 h (Figure 3H).
Moreover, immunofluorescence staining further demonstrated that p-mTOR (Ser2448) expression was
also increased after Lys supplementation (Figure S5). These data indicate that Lys-dependent SC
proliferation and protein synthesis are related to mTORC1 pathways.

Figure 2. Activation of SCs and protein level of the mTORC1 pathway in the longissimus dorsi muscle
on day 28. (A) Ki67 (red) and Pax7 (green) staining represents activated SCs during the proliferation
period. Bar: 200×. (B) Percentage of cells positively stained for Ki67 (red), Pax7 (green) and Ki67 (red) +
Pax7 (green) of the total cells (blue, DAPI). (C) Percentage of SCs positively stained for Ki67 (red) + Pax7
(green) to Pax7 (green). (D) Representative images of key proteins in the mTORC1 pathway detected by
western blotting. (E) The values represent the ratio of the protein levels of p-mTOR (Ser2448), p-S6K1
(Thr389), p-S6 (Ser235) and p-4EBP1 (Thr470) to the total protein levels and the protein level of eIF4E to
that of β-actin, n = 3. The results are shown as the means ± S.E.M. of three independent preparations.
Statistical significance was assessed by ANOVA with Tukey’s test, * p < 0.05.
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Figure 3. Changes in cell viability, proliferation, protein synthesis and mTORC1 pathway activation
after Lys supplementation to sufficient levels. (A) Lys supplementation was changed from deficient to
sufficient at 48 h, and the cells cultured for another 72 h. (B) MTT assays were used to measure cell
viability, n = 20. (C) Cell proliferation was measured by cell counting assays, n = 10. (D) Representative
image of the western blotting analyses for puromycin at 96 h, n = 3. (E) Coomassie blue staining was
used to verify equal protein loading for puromycin measurements at 96 h, n = 3. (F) Total protein
quantitation using bicinchoninic acid assays at 96 h, n = 3. (G) mTORC1 pathway-related proteins were
measured by western blotting after Lys supplementation from deficiency for another 48 h (total 96 h).
(H) The values represent the ratio of the phosphorylated protein levels to the total protein or β-actin
level, n = 3. The bars are the means ± S.E.M. from the representative results of three independent
experiments. Statistical significance was assessed by ANOVA and Tukey’s test, * p < 0.05, ** p < 0.01.

3.5. Lys Rescue of SC Proliferation and mTORC1 Pathway Activation Were Inhibited by Rapamycin

To validate that mTORC1 pathway activity was crucial for Lys-regulated SC functions, SCs were
treated with rapamycin under Lys rescue conditions for 48 h. As shown in Figure 4A, we found
that the rescued cell viability by Lys re-supplementation was inhibited by the simultaneous addition
of rapamycin and reduced to the Lys deficiency level. Moreover, Lys re-supplementation with
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rapamycin suppressed SC proliferation, and 50 nM rapamycin showed greater inhibition than 20 nM
(Figure 4B). Furthermore, the SUnSET assay showed that 20 and 50 nM rapamycin restricted protein
synthesis, which was rescued by Lys re-supplementation (Figure 4C). Protein amounts were also
verified by Coomassie blue staining, and the results showed equal sample loading (Figure 4D).
Apart from that, compared with the control group, all four other groups showed reductions in total
protein concentrations (Figure 4E). Importantly, compared with Lys deficiency, Lys re-supplementation
increased the total protein concentrations, whereas the increased protein concentrations were decreased
by 20 (p = 0.055) and 50 nM (p < 0.05) rapamycin supplementation (Figure 4E). In addition, compared
with control and Lys rescue conditions, Lys re-supplemented with rapamycin significantly decreased
the protein levels of phosphorylated mTOR (Ser2448), phosphorylated S6K1 (Thr389), phosphorylated
S6 (Ser235) and eIF4E (Figure 4F, G). Although there was no significant difference, the protein level
of phosphorylated 4EBP1 (Thr70) was also decreased by 33.18% and 35.17% in the 20 and 50 nM
rapamycin groups, respectively, compared to the Lys rescue group. Collectively, these results indicate
that Lys-regulated SC functions are mediated by the mTORC1 pathway.

Figure 4. The increased cell viability, proliferation and protein synthesis induced by Lys rescue
were inhibited by rapamycin, along with mTORC1 pathway downregulation. After Lys deficiency for
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48 h, Lys was added to the medium alone or in combination with 20 or 50 nM rapamycin for another
48 h. (A) Cell viability was measured by MTT assays at 96 h, n = 20. (B) Cell counting assays were
used to measure cell proliferation at 96 h, n = 10. (C) SUnSET measurements of protein synthesis
were performed by incubating SCs in medium containing puromycin at 96 h. A representative image
from the western blotting analyses for puromycin is shown, n = 3. (D) Coomassie blue staining was
used to verify equal protein loading for puromycin measurements at 96 h, n = 3. (E) Total protein
quantitation using bicinchoninic acid assays at 96 h is shown, n = 3. (F) Western blotting was used
to detect the key proteins in the mTORC1 pathway at 96 h. (G) The values represent the ratio of the
phosphorylated protein levels to the total protein or β-actin level, n = 3. The bars are the means ±
S.E.M. from the representative results of three independent experiments. Statistical significance was
assessed by ANOVA and Tukey’s test, * p < 0.05, ** p < 0.01. *** p < 0.001.

4. Discussion

Lys is well known to be one of the most important essential amino acids for body
growth [1,3,10,22,29]. However, the mechanisms through which Lys governs muscle mass are still
debated. In addition, traditionally recognized muscle mass maintenance has been expanded from
protein turnover to cell turnover [12,16]. Thus, the balance between myonuclear accretion and reduction
is also an important factor in determining muscle mass, and the function of SC fusion into myotubes is
important to study [16,30].

Early studies suggested that changes in whole-body weight were the main responses to dietary
Lys supplementation or restriction [3,22,31]. Few studies have focused specifically on skeletal muscle
growth. In our study, we found that the growth of almost all separated skeletal muscle was restricted
during dietary Lys deficiency, while compensatory growth was shown after Lys supplementation was
changed from deficient to sufficient [3,32]. In addition, some weights of specific skeletal muscles were
unchanged, which could be caused by differences in myofiber type composition.

In previous studies, skeletal muscle mass accumulation was attributed to the relative efficiency
between muscle protein synthesis and degradation [3,4,33]. Nevertheless, our GO enrichment analysis
results obtained from the iTRAQ analysis showed that there were great changes in skeletal muscle
structure and muscle cell function. Furthermore, SCs were found to participate in Lys-induced skeletal
muscle growth. This is consistent with what was mentioned in a previous study, which did not provide
compelling evidence [34].

To confirm the implications of the GO enrichment analysis for the longissimus dorsi muscle,
we found that the SC proliferation ratios (indicated by Pax7 and Ki67 [35–37]) were accurately
controlled by dietary Lys supplementation. Consistent with the compensatory growth of skeletal
muscle, proliferation also showed the same tendency, especially Pax7 + Ki67-positive SCs. Taking
these results together, we believe that SC turnover is required for Lys-induced skeletal muscle growth.

In the case of cell turnover, proliferation is the typical process by which cell numbers are increased
by mitosis [14,24]. In this study, the suppressed Lys supply led to reduced cell numbers via changed
cell cycle distribution such that there was an increased percentage of G1 phase cells and a decreased
percentage of S phase cells. Similarly, a reduction in SC proliferation has also been detected in methionine
(Met)- and cysteine (Cys)-restricted cell culture medium [38]. Furthermore, protein synthesis was
suppressed directly by Lys deficiency and may thus ultimately cause muscle mass loss [31,32].

In addition to what we found under Lys deficiency conditions, the decrease in cell proliferation
was suppressed by changing Lys supplementation from deficiency to sufficiency. These effects may
be attributed to the function of Lys as an activator of cell mitotic activity [34]. Furthermore, protein
synthesis was rescued by supplementing Lys to Lys-deficient cells. Despite the rescue growth effects of
Lys supplementation found in our research, glycine seemed to suppress protein degradation weakly in
cells in Lys-deficient medium [11]. These results could explain why Lys seems to play some special
functions in life maintenance that have not been previously illustrated, that is, Lys is not used for only
protein synthesis [29].
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To obtain further insight from our findings, the mTORC1 pathway was measured to investigate
the regulatory mechanisms of the Lys relationship with SCs and skeletal muscle growth. Notably,
studies have shown that the mTORC1 pathway can be activated by energy, growth factors or nutrients,
especially amino acids [38,39]. However, the function of Lys is not as defined as it is for Leu or Arg,
as diets supplemented with Leu [40] or Arg [41] promote muscle growth and increase mTORC1 pathway
activation. In fact, there has been little research on Lys interactions with mTORC1 in promoting muscle
growth. In contrast, the key protein levels in the mTORC1 pathway were not altered after oral Lys
administration in rats [33]. More importantly, previous studies showed that the mTORC1 pathway
was activated by Lys to suppress protein degradation in vivo and in vitro [10,11]. In the present study,
we found that the mTORC1 pathway was inhibited by reducing dietary Lys, and SC proliferation
was likewise inhibited in Lys-deficient medium. Furthermore, the related proteins in the mTORC1
pathway were reactivated with complete Lys supplementation. In addition, the indispensable role
of the mTORC1 pathway in Lys-governed SC function was verified by rapamycin [20]. We found
that the inhibited proliferation and protein synthesis in the Lys deficiency group could be rescued by
Lys re-supplementation, whereas these increases were suppressed by the simultaneous addition of
rapamycin. Similar to our study, previous studies demonstrated that mTORC1 plays a crucial role in
SC function [14,17–19]. Therefore, the mTORC1 pathway is necessary for Lys-induced SC activation
in vivo and in vitro. However, the molecular mechanisms, such as extracellular Lys sensing in SCs and
intracellular mTORC1 activation, need to be further studied.

5. Conclusions

In conclusion (Figure 5), our findings demonstrate that Lys supplementation exerts compensatory
growth effects and that the functions of Lys in muscle mass accumulation are mediated by SCs and the
mTORC1 pathway. Thus, Lys is not only a molecular building block for protein synthesis but also
a signal that activates SCs to regulate muscle growth via the mTORC1 signaling pathway. These findings
can provide us with a new target and therapeutic strategy for skeletal muscle regeneration and disease.

 

Figure 5. mTORC1 mediates Lys-induced SC activation to promote skeletal muscle growth.
Lys supplementation activates the mTORC1 pathway to increase SC proliferation to enhance myogenic
potential to promote skeletal muscle growth.
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Abstract: The maintenance of skeletal muscle mass plays a critical role in health and quality of life.
One of the most potent regulators of skeletal muscle mass is mechanical loading, and numerous
studies have led to a reasonably clear understanding of the macroscopic and microscopic changes that
occur when the mechanical environment is altered. For instance, an increase in mechanical loading
induces a growth response that is mediated, at least in part, by an increase in the cross-sectional area
of the myofibers (i.e., myofiber hypertrophy). However, very little is known about the ultrastructural
adaptations that drive this response. Even the most basic questions, such as whether mechanical
load-induced myofiber hypertrophy is mediated by an increase in the size of the pre-existing myofibrils
and/or an increase in the number myofibrils, have not been resolved. In this review, we thoroughly
summarize what is currently known about the macroscopic, microscopic and ultrastructural changes
that drive mechanical load-induced growth and highlight the critical gaps in knowledge that need to
be filled.

Keywords: fascicle; myofiber; myofibril; sarcomere; hypertrophy; hyperplasia; splitting; radial
growth; longitudinal growth; exercise

1. Introduction

Skeletal muscle comprises approximately 40% of body mass and plays a critical role in posture,
breathing, motion, and metabolic regulation [1]. As we age, the occurrence of age-related diseases,
such as the loss of muscle mass (i.e., sarcopenia), are expected to become more prevalent [2]. For instance,
between the ages of 25–80 years, the average individual will lose approximately 25% of their muscle
mass [3,4]. This age-associated loss of muscle mass leads to an increased risk of fall-related injury,
institutionalization, loss of independence, and disease [5–7]. Indeed, in the United States alone, the
healthcare costs for muscle wasting related illnesses were estimated to be $18.5 billion in 2000 [8].
Based on this figure, reducing the rate of muscle wasting related diseases by even 10% could save a
striking $1.1 billion in annual healthcare costs. The number of people over the age of 60 is expected
to double by 2050, and thus, the costs associated with sarcopenia will only continue to increase [9].
Accordingly, the development of therapies that can restore, maintain, and/or increase muscle mass will
be of great clinical and fiscal significance. However, to develop such therapies, we will first need to
establish a comprehensive understanding of the mechanisms that regulate the size of this vital tissue.

Mechanical load-induced signals are one of the most widely recognized regulators of skeletal
muscle mass. Indeed, historical evidence suggests that the growth-promoting effects of mechanical
loading has been recognized since at least the 7th century BC [10]. During the last century, a variety of
human and animal models have been used to further establish this point. For instance, in humans,
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resistance exercise is the most commonly used model of mechanical load-induced growth and it
typically induces a 5–20% increase in skeletal muscle volume/mass within 8–16 weeks [11–17]. Similar
changes in muscle mass have also been observed in animal models that are intended to mimic human
resistance exercise [18–20]. Furthermore, animal models that use extreme forms of mechanical loading,
such as synergist ablation, can promote a doubling of muscle mass within as little as 2 weeks [21–23].
Collectively, these models have provided extensive insight into the macroscopic and microscopic
changes that contribute to the mechanical load-induced growth response, but surprisingly, the
ultrastructural changes that drive these changes remain poorly understood. In this review, we will
thoroughly summarize what is currently known about the structural adaptations that drive mechanical
load-induced growth and highlight the critical gaps in knowledge that need to be filled.

2. Overview of Skeletal Muscle Structure

Before considering the structural changes that drive mechanical load-induced growth, we want to
ensure that the reader appreciates the basic structural design of skeletal muscle. One of the easiest
ways to appreciate this design is to consider skeletal muscle as a hierarchy of contractile machinery
that is visible at the macroscopic level (viewable without magnification), followed by the microscopic
level (viewable with standard microscopy), and finally the ultrastructural level (viewable with high
resolution microscopy). Below we will provide a brief overview of the primary components that are
found at each of these levels. For excellent illustrations and more comprehensive discussions on this
topic, the reader is referred to the following reviews [24–26].

At the macroscopic level, it can be noted that skeletal muscles are connected to bones via tendinous
attachments and enact their contractile function by providing movement and articulation of the skeletal
system. Moreover, as illustrated in Figure 1, skeletal muscles are surrounded by an outer layer of
connective tissue called the epimysium, and underneath the epimysium are bundles of myofibers
(i.e., fascicles) that are surrounded by another layer of connective tissue called the perimysium [24].
In most skeletal muscles, the fascicles, and their associated myofibers, are not directly aligned with
the longitudinal axis of the muscle, but instead are offset at an angle called the pennation angle
(Figure 2) [27].
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Figure 1. (A) Illustration of skeletal muscle structure copied with permission under the Creative
Commons Attribution 4.0 International license and adapted for this review, available online: https:
//openstax.org/books/anatomy-and-physiology/pages/10-2-skeletal-muscle (accessed on 6 January
2020) [28]. (B) Cross-section of a mouse plantaris muscle that was subjected to immunohistochemistry
for the identification of Type IIA (cyan), and Type IIB (magenta) myofibers as well as laminin to
identify the endomysium (white). (C) Cross-section of a mouse plantaris muscle that was subjected
to immunohistochemistry for the identification of dystrophin to identify the inner boundary of the
sarcolemma (white) and nuclei (green). (D) Cross-section of a mouse plantaris muscle that was
subjected to electron microscopy to highlight the sarcoplasmic reticulum (SR) that surrounds individual
myofibrils as well as the mitochondria (Mito) that run between the myofibrils. (E) Higher magnification
of the boxed region in D reveals the presence of the thick and thin myofilaments.

At the microscopic level, a cross-section of skeletal muscle will reveal the presence of individual
myofibers (Figure 1A,B). The myofibers are multinucleated cells that are encased by a layer of connective
tissue called the endomysium, and they are surrounded by interstitial cells such as fibroblasts, immune
cells, pericytes and fibro-adipogenic progenitors (Figure 1A–C) [29,30]. Furthermore, another important
class of cells, called satellite cells, resides between the endomysium and the plasma membrane of the
myofibers (i.e., the sarcolemma) [31]. The endomysium is physically coupled to the sarcolemma, and
everything the resides underneath the sarcolemma is typically referred to as the sarcoplasm.
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Figure 2. Various pennation angle arrangements of the fascicles/myofibers in skeletal muscle:
(A) fusiform, (B) unipennate, (C) bipennante, (D) multipennate. Blue lines indicate the plane for
the anatomical cross-sectional area (CSA) (i.e., the CSA that runs perpendicular to the longitudinal
axis of the muscle), and green lines indicate the plane for physiological CSA (i.e., the CSA that
runs perpendicular to the longitudinal axis of the fascicles/myofibers). Adapted under the Creative
Commons Attribution-Share Alike 3.0 Unported license from original work by Uwe Gille (Available
online: https://creativecommons.org/licenses/by-sa/3.0/deed.en (accessed on 6 January 2020).

The gelatinous sarcoplasm contains the primary ultrastructural elements of the myofiber, and as
illustrated in Figure 1, an examination at the ultrastructural level reveals that ≈80% of the sarcoplasm
is filled with an in-parallel array of rod-like structures called myofibrils [32–36]. The myofibrils are
composed of a long in-series array of force-generating elements called sarcomeres and are surrounded
by a mitochondrial reticulum and a membranous structure called the sarcoplasmic reticulum [37,38].
The sarcomeres within the myofibrils enact their function through the active sliding of thick and thin
myofilaments, and in a longitudinal view, it can be seen that the sarcomeres consist of regions called
the Z-disc, the I-band which contains the thin (actin) myofilaments, and the A-band which contains
the thick (myosin) myofilaments [39,40]. It should also be noted that within a given species, the
optimal/resting length of sarcomeres (2.0–2.5 μm) is highly conserved, and alterations in this length
can profoundly influence force production [41–43].

When considering the structure of skeletal muscle, it is also essential to recognize that all myofibers
are not created equal. For instance, some types of myofibers are heavily reliant on oxidative metabolism,
exhibit a slow contractile speed and are resistant to fatigue. In contrast, other types of myofibers rely on
anaerobic glycolytic metabolism, exhibit a fast contractile speed and rapidly fatigue when stimulated
to contract [40]. Different fiber types are typically grouped according to the predominant isoform of
the myosin heavy chain that they express, and these isoforms include Type I (slow oxidative), Type IIA
(fast oxidative), and Type IIB (fast glycolytic) fibers [44]. It is also important to point out that humans
do not express the Type IIB myosin isoform, but instead express a very similar (yet slightly slower)
Type IIX myosin isoform [45]. However, since this differentiation was only solidified in 1990′s [46–48],
some older studies with human subjects used the Type IIB classification, while other studies have
grouped Type IIB and Type IIX fibers together as a similar fiber type [49]. This use of IIB and IIX
myosin labeling has led to some confusion when comparing earlier muscle growth studies to current
studies, so it is important to keep this distinction in mind when relating fiber type-specific adaptations
across the current body of literature.

3. Mechanical Load-Induced Growth of Skeletal Muscle at the Macroscopic Level

3.1. Whole Muscle

At the whole muscle level, mechanical load-induced growth can be mediated by an increase
in the length and/or an increase in the cross-sectional area (CSA) of the muscle. Growth resulting
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from an increase in length is referred to as longitudinal growth, and it can occur in response to a
variety of different perturbations. For instance, during development, the length of muscles can more
than double from birth to the termination of bone growth [50–52]. Longitudinal growth can also be
induced in adults by placing muscles in a chronically stretched state [53]. As a case in point, it has
been shown that immobilizing a rat lower hindlimb in a fully dorsiflexed position can lead to a >20%
increase in the length of the soleus muscle [54]. Likewise, limb-lengthening procedures can lead to a
>20% increase in muscle length [55,56]. Indeed, even some of the more extreme models of mechanical
load-induced growth can lead to an increase in muscle length [23,57]. For example, surgical removal
of the gastrocnemius and soleus muscles (i.e., synergist ablation) is a commonly used rodent model
for stimulating mechanical load-induced growth, and it has been reported that this can lead to a 13%
increase length of the plantaris muscle [57,58]. Thus, it is clear that both adolescent and adult skeletal
muscles can undergo longitudinal growth.

Although skeletal muscle is capable of undergoing longitudinal growth, most models of mechanical
loading do not lead to notable alterations in whole muscle length [18,59]. Instead, mechanical
load-induced growth is usually driven by an increase in the CSA of the muscle (also known as
radial growth). For example, in humans, 8-16 weeks of resistance exercise will generally produce
a 5–30% increase in whole muscle CSA but no change in muscle length [16,59–66]. Interestingly,
the magnitude of increase in CSA is often greater than the increase that is observed for muscle
volume/mass. An excellent example of this paradox was reported by Roman et al. (1993), whom
reported that 12 weeks of resistance exercise led to a 14% increase in the volume of the elbow flexors,
but the CSA at the mid-belly increased by 23% [60]. Importantly, however, the magnitude of the
increase is CSA got progressively smaller towards the proximal and distal ends of the muscle, which
explained why the muscle volume only increased by 14%. Simply put, the study by Roman et al. (1993)
demonstrated that the radial growth response was not evenly distributed along the length of the
muscle. Indeed, regional differences in the magnitude of radial growth have been reported in several
animal and human-based studies, and in our opinion, this phenomenon represents an often overlooked
aspect of the mechanical load-induced growth response [13,59,64,67–72].

3.2. Muscle Fascicles

Previous studies have shown that the initial mechanical load-induced increase in whole muscle
CSA can be attributed, at least in part, to edema. However, the long-term changes are primarily caused
by an expansion of the contractile elements [63,73,74]. For instance, using a rat model of resistance
exercise, we have shown that 8 weeks of training resulted in a 24% increase in the CSA of the flexor
hallucis longus muscle, and this was matched by a proportionate increase in total myofibrillar protein
content and peak tetanic force production [18]. Thus, if the mechanical load-induced increase in whole
muscle CSA was driven by an expansion of the contractile elements, then the increase should be
reflective of the changes that occurred at the preceding level within the hierarchy of the contractile
machinery (i.e., myofilaments→myofibrils→myofibers→ fascicles→whole muscle).

Based on the aforementioned point, mechanical load-induced changes in whole muscle CSA
should be driven by changes that happen at the level of the muscle fascicles, and there are effectively
two predominant ways in which this is thought to occur: (1) longitudinal growth of the fascicles or
(2) radial growth of the fascicles. It is also possible that mechanical loading could lead to an increase in
the number of fascicles per muscle, but we are not aware of any studies that have attempted to answer
this technically difficult question.

Upon first consideration, it can be challenging to appreciate how both longitudinal and radial
growth of fascicles can lead to an increase in whole muscle CSA. Thus, to visualize these points,
we have taken advantage of a geometric model that can be used to predict changes in the architectural
properties of skeletal muscle [75,76]. Specifically, as shown in Figure 3, we used this model to illustrate
how changes in either fascicle length (Lf), or fascicle diameter (Df), could produce a 30% increase
in whole muscle CSA (the upper end of what is typically observed in humans after 8–16 weeks of
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resistance exercise). For simplicity, our model considers a hypothetical muscle that is composed of 50
fascicles aligned in parallel. Moreover, in the control (starting) state, the fascicle length to muscle length
(Lm) ratio is 0.25, and the fascicles are offset at a pennation angle of 16◦ (similar to the properties of the
vastus lateralis muscle in humans [77]). Based on these parameters, if the 30% increase in CSA was
purely due to longitudinal growth of the fascicles, then fascicle length would have to increase by 11%,
and the pennation angle would remain unaltered (Figure 3B). On the other hand, if the 30% increase in
CSA was due exclusively to an increase in radial growth of the fascicles, then the fascicle diameter
would have to increase by 14%, and this would result in a concomitant 15% increase in pennation
angle (from 16◦→18.4◦) (Figure 3C). It is also worth noting that in the example of pure longitudinal
growth, the number of fascicles visible in a cross-section of the mid-belly of the muscle would also
increase by 30%, and could easily lead one to mistakenly conclude that the increase in whole muscle
cross-sectional area was driven by new fascicle formation.

Figure 3. Illustration of how the longitudinal and radial growth of fascicles can lead to changes in
muscle cross-sectional area (CSA). (A) Key elements of a geometric model that can be used to predict
the architectural properties of skeletal muscle [75]. (B) Illustration of how an 11% increase in fascicle
length would result in 30% increase in CSA, as well as a 30% increase in the number of fascicles per
cross-section. (C) Illustration of how a 14% in fascicle diameter would lead to a 15% increase in the
pennation angle and a 30% increase in the CSA, but essentially no change in the number of fascicles
per cross-section.
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Having illustrated how radial and longitudinal growth of fascicles can lead to an increase in whole
muscle CSA, we will now consider the studies that have tested whether these types of adaptations occur.
Specifically, we will first consider the studies that have examined whether mechanical load-induced
alterations in whole muscle CSA are associated with changes in fascicle length, and fortunately, this has
been a subject of extensive investigation [13,59,62,65,78–85]. For instance, Ema et al. (2016) recently
compiled data from 38 different studies that addressed this topic and found that a significant positive
relationship existed between the exercise-induced increases in muscle size and fascicle length [86].
Nonetheless, some of the studies that reported an increase in muscle size did not observe an increase
in fascicle length [59,83–85], and there are even examples in which small but significant declines in
fascicle length have been reported [78]. However, when Ema et al. (2016) compared the magnitude of
change across all studies which showed a significant alteration in fascicle length versus those which did
not, the average values from these studies still showed a 12.4% versus 7.7% increase in fascicle length,
respectively [86]. Thus, there is a high level of support for the notion that mechanical load-induced
alterations in whole muscle CSA can be driven, at least in part, by an increase in fascicle length.

As mentioned above, the radial growth of fascicles could also lead to an increase in whole
muscle CSA. Importantly, as detailed by the work of Maxwell et al. (1974), and as illustrated in
Figure 3C, a direct relationship exists between fascicle diameter and the pennation angle of the fascicles.
Specifically, if the length of the muscle, the length of the fascicles, and the number of fascicles is
held constant, then an increase in fascicle diameter will lead to an increase in the pennation angle.
Hence, it is not surprising that most studies reporting a significant resistance exercise-induced increase
in muscle size, but no change in fascicle length, instead find a significant increase in the pennation
angle [59,83–85]. Indeed, just as with changes in fascicle length, Ema et al. (2016) determined that
a significant positive relationship exists between the resistance exercise-induced increase in muscle
size and pennation angle. On average, the studies that reported a significant change in pennation
angle showed a 13.5% increase, while those that did not detect a significant change still found an
average increase of 7.7% [86]. Accordingly, just as with changes in fascicle length, there is a high level
of support for the notion that mechanical load-induced alterations in whole muscle CSA can be driven
by an increase in fascicle diameter/pennation angle. Indeed, a collective view of the literature suggests
that mechanical loading can lead to both longitudinal and radial growth of fascicles, and the exact
contribution of these components is probably determined by a variety of different factors, such as the
type of mechanical loads that are placed on the muscle (e.g., concentric vs. eccentric contractions)
and the architectural properties of the muscle that is being considered (e.g., fusiform, unipennate,
bipennate, etc.) [86–89].

4. Mechanical Load-Induced Growth of Skeletal Muscle at the Microscopic Level

As previously noted, mechanical load-induced alterations at each level of the skeletal muscle
structure should be reflective of the changes that occurred at the preceding level within the hierarchy
of the contractile machinery. Thus, having established that mechanical loading can lead to both
longitudinal and/or radial growth of the fascicles, we will now consider how these changes can be
mediated by alterations at the level of the myofibers.

4.1. Longitudinal Growth of Fascicles

Fascicles are composed of bundles of myofibers, and the myofibers can either run the entire length
of the fascicle, or only part of the length of the fascicle and exhibit an intrafascicular termination [90–92].
For fascicles that are composed of myofibers that run the entire length of the fascicle, longitudinal
growth of the fascicle would be exclusively dependent on the longitudinal growth of the individual
myofibers. Alternatively, longitudinal growth of the fascicles with myofibers that exhibit intrafascicular
terminations could result from longitudinal growth of the myofibers and/or the addition of new
myofibers in-series. Although we are not aware of any studies that have addressed whether mechanical
loading can lead to the formation of new myofibers in-series, a consistent body of literature has
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shown that myofibers are capable of undergoing longitudinal growth [57,72,93–95]. For instance,
Alway et al. (1989) subjected the anterior latissimus dorsi (ALD) muscle of quails to chronic mechanical
loading by securing a weight (10% of body mass) to one of the wings. In response to this perturbation,
the mass of the ALD increased by 182%, which was associated with a 24% increase in the average
length of the myofibers [72]. Similarly, Roy et al. (1982) demonstrated that in rats, chronic mechanical
loading of the plantaris via synergist ablation resulted in doubling of its mass and a concomitant 19%
increase in the myofiber to muscle length ratio [94]. Based on these, and related studies, it is clear that
extreme models of mechanical loading can induce longitudinal growth of the myofibers.

Although a compelling body of evidence indicates that extreme models of mechanical loading
can promote longitudinal growth of myofibers, only a handful of studies have directly addressed this
topic within the confines of more physiologically relevant models. For instance, it has been shown
that the eccentric contractions induced by downhill walking [96], and downhill running [97], can lead
to an increase in the number of sarcomeres per myofiber; however, neither of these studies reported
measurements of myofiber length. Indeed, we could only find one study that reported measurements
of myofiber length within the context of a physiologically relevant model of mechanical load-induced
growth [18]. In this case, rats were subjected to 8 weeks of resistance exercise which led to a 24%
increase in whole muscle CSA, but myofiber length was not altered. Importantly; however, this study
did not indicate whether the increase in muscle CSA was mediated by longitudinal vs. radial growth
of the fascicles, and hence, it is difficult to extrapolate any meaningful insights from the data.

Given the paucity of data on this topic, we believe that it is worthwhile to mention unpublished
results that we recently obtained from mice that had their plantaris muscles subjected to 16 days
of myotenectomy (a much milder form of synergist ablation [98]). Specifically, we determined that
myotenectomy led to 72% increase in the mass of the plantaris along with an 8% increase in length
of the myofibers (p < 0.01). Likewise, Goh et al. (2019) recently described a high intensity interval
training (HIIT) for mice that leads to a 17% increase in the mass of the extensor digitorum longus
muscle [99], and this was associated with a 9% increase in the length of the myofibers (p < 0.05, personal
communication from Dr Doug Millay). Thus, it appears that even physiologically relevant models of
mechanical load-induced growth can induce longitudinal growth of myofibers; however, additional
studies on this topic will need to be published before a clear consensus can be reached.

4.2. Radial Growth of Fascicles

As illustrated in Figure 4, radial growth of fascicles could result from an increase in the CSA of
the existing myofibers (i.e., myofiber hypertrophy, Figure 4A) and/or an increase in the number of
myofibers per cross-section (from myofiber splitting and/or hyperplasia, Figure 4B). These concepts
have been widely studied within the context of mechanical load-induced growth, and in the following
sections we will summarize the body of literature that exists on these topics. Before moving into these
sections, we also want to point out that the radial growth of fascicles could result from the longitudinal
growth of myofibers with intrafascicular terminations (Figure 4C) [91]. However, as mentioned above,
very few studies have examined whether physiologically relevant models of mechanical loading
can induce longitudinal growth of myofibers. Accordingly, this mechanism will not be subjected to
further discussion.
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Figure 4. Illustration of how the radial growth of muscles fascicles could result from (A) myofiber
hypertrophy, (B) myofiber splitting or hyperplasia, or (C) longitudinal growth of myofibers that exhibit
intrafascicular terminations, such as those observed in the long sartorius and gracilis muscles of
humans [90].

4.2.1. Myofiber Hypertrophy

Radial growth of myofibers leads to an increase in the CSA, and such a change is typically
referred to as myofiber hypertrophy. Myofiber hypertrophy is, by far, the longest-standing and most
widely acknowledged contributor to the mechanical load-induced growth of skeletal muscle. Indeed,
the ability of mechanical loads to induce myofiber hypertrophy has been recognized since the late
1800′s [100]. As summarized by Huan et al. [101], most of the early research on this topic used
animals such as dogs [100], cats [102], mice [103], rats [104], hamsters [35], and birds [105]. Some
of these animal-based studies employed rather extreme forms of chronic mechanical loading (e.g.,
synergist ablation, wing-weighting, etc.), whereas others used interventions that were intended to
mimic human resistance exercise. A notable example was described by Goldspink (1964) in which
young mice were trained to pull on a weighted cord so that they could gain access to their food, and it
was determined that 25 days of this training resulted in a ≈30% increase in the CSA of myofibers within
the biceps brachii [103]. Another classic example involves the model described by Gonyea and Ericson
(1976) [102]. In this model, cats were operantly conditioned to move a weighted bar with their paw in
exchange for a food reward, and it was found that the CSA of the myofibers within the flexor carpi
radialis increased by 21–32% after 41 weeks of this type of training [102]. The magnitude of change in
myofiber CSA observed in the above examples is similar to the 10–35% that is typically observed in
humans after 8-16 weeks of resistance exercise [16,17,44,60,66,101,106–108]. However, this magnitude
of change pales in comparison to what has been observed with some of the more extreme models of
mechanical loading. For instance, Antonio and Gonyea (1993) observed an astonishing 142% increase
in CSA of the myofibers of the ALD muscle after just 16 days of wing-weighting [109]. Simply stated,
an extremely high level of evidence supports the notion that mechanical loading can induce myofiber
hypertrophy and the capacity for this type of growth appear to be quite large.

4.2.2. Myofiber Splitting

As recently reviewed by Murach et al. (2019), split myofibers are characterized by the presence of
“branching”, “fragmentation”, or “splitting” along the length of the myofiber [110]. Split myofibers
can be found in healthy muscles, and an increased frequency of split myofibers is commonly observed
in muscular dystrophy and various neurogenic myopathies [111,112]. An increased frequency of split
myofibers has also been observed in muscles subjected to mechanical loading. For instance, the most
extraordinary example of this was published by Antonio and Gonyea (1994) who reported that the
frequency of split myofibers in the quail ALD muscle increased from 0.25% to 5.25% after 28 days of
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wing-weighting [113]. Tamaki et al. (1996) also found that the frequency of split myofibers in the rat
plantaris muscle increased from 0.6% to 1.8% after 6 weeks of synergist ablation [114]. An increase in
the occurrence of split myofibers (1.4% of all myofibers) has also been observed in powerlifters that
used anabolic steroids [115]. Based on these reports, it would appear mechanical loading can result
in an increased prevalence of split myofibers. However, it is important to point out that many of the
studies that are frequently cited as providing support for this concept never actually quantified the
number of split myofibers [116–118]. Moreover, there are multiple examples in which the number
of split myofibers was quantified, and it was concluded that mechanical loading did not alter the
frequency of their appearance [119–122]. Even the study by Antonio and Gonyea (1994) found that
16 days of wing-weighting resulted in an 88% increase in the mass of the ALD muscle, yet the frequency
of split myofibers at this time point was still only 0.28% [113]. One potential explanation for this
observation is that splitting along the entire length of the myofiber rapidly runs to completion, and
thus, only a small fraction of the myofibers that split are effectively detected. However, if this were the
case, then the total number of myofibers per muscle should increase. To test this, Antonio and Gonyea
(1994) directly counted all of the fibers in the ALD muscles and found that the total number did not
change after 16 days of wing-weighting [113]. Thus, it is our conviction that although mechanical
loading may be capable of inducing myofiber splitting, the frequency of this event is low and thus
does not typically make a major contribution to the overall growth process.

4.2.3. Hyperplasia

Hyperplasia refers to the generation of new myofibers, and as illustrated in Figure 4B, hyperplasia
could lead to the radial growth of muscle fascicles. Indeed, numerous studies have shown that
the number of myofibers per muscle rapidly increases during the early stages of developmental
growth [123–125]. Although it is well accepted that hyperplasia occurs during developmental growth,
whether hyperplasia can occur in adult skeletal muscles remains a subject of debate.

Part of the debate over whether hyperplasia occurs in adult skeletal muscle results from the types
of measurements that have been used to address this question [126,127]. Specifically, two primary
methods have been employed: (1) counting the number of myofibers per cross-section of the muscle,
and (2) digestion of the muscle’s connective tissue followed by a direct count of all myofibers present
in the muscle. The direct counting method is ideal, but this approach requires the manual dissociation
and counting of thousands of myofibers. Accordingly, most studies that describe measurements
of hyperplasia are based on counts of the myofibers per cross-section. With this point in mind,
it is imperative to recognize that the number of myofibers that appear in a cross-section can be
highly influenced by changes in the architectural properties of the muscle (e.g., fiber length and/or
pennation angle) [75,76,91,127]. Such effects have been thoroughly described by Maxwell et al. (1974),
and can be appreciated by considering the illustrations presented in Figures 3 and 4 [75]. For instance,
Figure 3B shows how an 11% increase in fascicle length would lead to a 30% in the number of fascicles
per cross-section, and the same principles would hold at the level of the myofibers. Furthermore,
as illustrated in Figure 4C, longitudinal growth of myofibers with intrafascicular terminations could
also lead to an increase in the number of myofibers per cross-section. Hence, extreme caution needs to
be exercised when interpreting the results from studies that rely on myofiber per cross-section counts
to make conclusions about hyperplasia.

Unfortunately, the majority of studies that have examined whether mechanical loading induces
hyperplasia have relied on counts of the myofibers per cross-section [22,35,109,116–118,128–130];
however, there are a handful of studies that have reported direct myofiber counts. For instance,
investigators with ties to Dr Gonyea reported that 7–30 days of wing-weighting resulted in a 60–294%
increase in muscle mass and a 30–50% increase in the number of myofibers per muscle [72,93,113,131].
In stark contrast, investigators with links to Dr Gollnick reported that 6–65 days of wing-weighting
resulted in a 22–225% increase in muscle mass but no change in the number of myofibers per
muscle [120]. The Gollnick group also reported that other extreme forms of mechanical loading such
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as synergist ablation does not alter the number of myofibers per muscle [119,121]. The conflicting
conclusions from these groups has existed for over 25 years, and surprisingly, the controversy has still
not been resolved [126,127,132,133]. Thus, in our opinion, the notion that extreme forms of mechanical
loading can induce hyperplasia remains controversial.

Due to a minimal number of studies, a similar controversy exists with regards to whether more
physiologically relevant models of mechanical loading can induce hyperplasia. Indeed, we are only
aware of two studies that have directly addressed whether a resistance exercise-like stimulus can alter
the number of myofibers per muscle. The first of these studies was performed by Gonyea et al. (1986)
whom painstakingly counted the number of myofibers in the flexor carpi radialis of cats that had been
subjected to 60–129 weeks of weight training, and the results indicated that the training stimulus led to
a 9% increase in the number of myofibers per muscle (39,759 vs. 36,550 myofibers per muscle) [122].
Likewise, Tamaki et al. (1992) subjected rats to weight-lifting exercise and found that the number of
myofibers in the plantaris muscle increased by 14% after 12 weeks of training; however, in this case,
the absolute mass of the plantaris was not significantly altered by the training, and thus, the basis for
the increase in fiber number is difficult to interpret [134]. Mixed and cautious interpretations can also
be drawn from studies that have used myofiber per cross-section counts as a readout for hyperplasia,
with some studies showing an increase in the number of myofibers per section [110,116,128], while
other have reported no change [35,100,110]. Accordingly, a firm conclusion with regards to whether
physiologically relevant forms of mechanical loading can induce hyperplasia remains elusive.

5. Mechanical Load-Induced Growth of Skeletal Muscle at the Ultrastructural Level

5.1. Longitudinal Growth of Myofibers

As summarized in the previous section, a compelling body of literature has shown that extreme
models of mechanical loading can promote the longitudinal growth of myofibers. Furthermore, several
lines of evidence suggest that longitudinal growth of myofibers can also be induced by physiologically
relevant forms of mechanical loading. Since myofibers are composed of an in-series connection of
sarcomeres, it follows that an increase in myofiber length would be mediated by an increase in the
length of the sarcomeres and/or the serial addition of new sarcomeres. When considering these options,
it is essential to bear in mind that the optimal length of sarcomeres (≈2.5 μm) is highly conserved, and
most muscles operate within a narrow range of the sarcomeres optimal length (94 ± 13%) [43]. Hence,
it can be inferred that a mechanical load-induced increase in myofiber length would most likely be
driven by the serial addition of new sarcomeres, as this would allow for the optimal length of the
sarcomeres to be maintained in the elongated myofiber.

In support of the above rationale, Williams and Goldspink (1971) demonstrated that the increase
in myofiber length that occurs during development is highly correlated with the serial addition of new
sarcomeres [51], and a similar relationship is observed during the myofiber lengthening that occurs in
response to increased mechanical loading. For instance, Williams and Goldpink (1973) demonstrated
that the number of sarcomeres along the length of mouse soleus myofibers increases by 23% after
≈ 7 days of tenotomy (a milder form of the synergist ablation model) [135]. Likewise, Aoki et al. (2009)
have shown that the number of sarcomeres along the length of rat soleus myofibers increases by 27%
after just 4 days of chronic stretch [54]. Collectively, these, and many other studies [51,54,95–97,135–139],
have not only indicated that mechanical loading could lead to the serial addition of new sarcomeres
but also suggest that this type of growth can occur in a very rapid manner.

If mechanical loading leads to the serial addition of new sarcomeres, then it raises the question
of where along the length of the myofibers the new sarcomeres are added. According to Goldspink
(1983) “The point or points at which the sarcomeres are added has been rather uncertain until recently.
With radioactively labeled amino acids and radioactively labeled adenosine the site of longitudinal
growth was shown to be at the ends of the myofibrils” [140]. Although this is a fundamentally
important conclusion, its validity remains highly contestable.
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The first study that Goldspink cited as providing support for his conclusion was published by
Griffin et al. (1971) and used 3H-adenosine as a means for labeling where newly synthesized actin
was deposited during the postnatal growth of myofibers [141]. Specifically, young mice were injected
3H-adenosine, and then single myofibers were imaged with autoradiography. Based on the results,
Griffin et al. concluded that the 3H-adenosine was primarily deposited at the ends of the myofibers.
Importantly, however, this conclusion was not supported by quantitative data, and the images included
in the manuscript were far from persuasive [141].

The second study that Goldspink cited as support for his conclusion used 3H-adenosine in an
effort to identify where new sarcomeres were added in adult soleus muscles that were recovering from
being immobilized in a shortened position [135]. The study began with a clear demonstration that serial
sarcomere addition occurred during the recovery period. After establishing this point, the muscles
were cut into 5 separate regions along the longitudinal axis and then analyzed for 3H-adenosine.
As shown in Figure 5, the outcomes revealed that the amount of 3H-adenosine in the two most distal
regions of the muscle was significantly elevated in muscles that were undergoing recovery. Importantly,
however, whether the enhanced 3H-adenosine deposition was due to formation of new sarcomeres at
the ends of the myofibrils was not directly tested. Indeed, it could be argued that the results from this
study simply reflect the type of regional differences in the mechanical load-induced growth that we
described in Section 3.1.

Figure 5. (Top) Schematic illustration of the soleus muscle and its basic architectural properties [142].
(Bottom) Summary of the data provided by Williams and Goldspink (1973) [135]. Values are presented
as the means ± SEM and were analyzed with 2-way repeated measures ANOVA. p-values for the main
effects (i.e., Treatment and Region) and interaction are provided. * Significantly different from the
region-matched control condition.

In contrast to the notion that new sarcomeres are added at the ends of the myofibrils, others
have provided evidence which suggests that new sarcomeres can be inserted throughout the length
of the myofibrils [118,143–150]. For instance, when studying the developmental growth of single
myofibers that possess two separate motor endplates, Bennett et al. (1985) discovered that the distance
between the motor endplates increased in a manner that was directly proportional to the increase in
myofiber length [146]. Similar evidence was obtained by Mackay and Harrop (1969) whom inserted
wire markers at various points along the length of the sternomastoid and anterior gracilis muscles
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of 4 week old rats and then tracked their position with x-ray images during the subsequent 8 weeks
of developmental growth [145]. In this case, a proportionate increase in the distance between wires
occurred as the muscles grew in length, and this led the authors to conclude that the myofibers “must
be adding new material at points all along their length as they grow”. Indeed, Jahromi and Charlton
(1979) obtained support for this concept when they found evidence of a longitudinal growth process
that appears to involve the transverse splitting of sarcomeres that are embedded within the midst of
the myofibrils (Figure 6A) [143].

Figure 6. (A) Electron micrograph (EM) image that shows a group of myofibrils along with sarcomeres
embedded within these myofibrils that possess a transverse split (red arrow) at the H-zone. The image
was copied with permission under a Creative Commons License Attribution–Noncommercial–Share
Alike 4.0 Unported license, and is available online at https://www.ncbi.nlm.nih.gov/pmc/articles/
PMC2110374/ (accessed on 6/20/2020) [143]. (B) EM image of myofibrils from a muscle that was
subjected to synergist ablation and appears to possess a transverse split at the H-zone (copied with
permission from [118]). (C,D) EM image (C) and immunohistochemical image (D) of regions with
“supernumerary sarcomeres” that are found in human skeletal muscles several days after being
subjected to a bout of eccentric contractions (copied with permission from [147,148]). (E) Depiction of a
“sphenode” region as detailed by Heidenhain (1919) [151]. (F) Illustration describing a mechanism for
the in-series addition of new sarcomeres via transverse splitting at the Z-disc (copied with permission
from [150]).

As described by Jahromi and Charlton (1979), the transverse splitting of sarcomeres appears to
occur through an ordered sequence of events which include: (1) splitting of the thick filaments at
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the H-zone, (2) elongation of the two halves of the thick filaments along with the formation of new
thin filaments in the previous H-zone, and (3) formation of a new Z-disc in the center of the newly
formed thin filaments [143]. Although this process was originally described in crab skeletal muscles,
there is evidence to suggest that the same process takes place in vertebrates. For instance, as shown in
Figure 6B, Vaughan and Goldspink (1979) observed a similar phenomenon in soleus muscles of mice
that had been subjected synergist ablation; however, in this instance, it was thought that the splitting
was reflective of damage to the sarcomeres [118]. In fact, focal disruptions of the sarcomere, such as
lesions, Z-disc streaming, and Z-disc smearing have long been viewed as markers of damage [152–156].
However, as detailed in a series of publications by Yu et al., these regions might simply be areas of
remodeling that result in new sarcomere formation [147–149]. For instance, when examining soleus
muscles from humans that had engaged in a bout of intense eccentric contractions, Yu et al. detected a
5-fold increase in the appearance of regions with “supernumerary sarcomeres” (Figure 6C,D) [147].
Such regions are remarkably similar to the “sphenode” regions that were described by Heidenhain
over 100 years ago, which are characterized by the presence of additional sarcomeres that are out of
register with the surrounding sarcomeres [151]. Interestingly, these regions appear to include areas
that resemble H-zone transverse sarcomere splitting, as well as another potential type of transverse
sarcomere splitting that occurs at the Z-disc (Figure 6F) [150]. Thus, when considering the studies
that have been highlighted in this section, it is fair to conclude that mechanical loading can lead to
the longitudinal growth of myofibers and this process is primarily driven by the serial addition of
new sarcomeres. However, exactly how and where new sarcomeres get added along the length of the
myofibrils remains to be resolved.

5.2. Radial Growth of Myofibers

In Section 4.2.1 we reviewed the evidence which indicates that the radial growth of myofibers (i.e.,
myofiber hypertrophy) is one of, if not the, primary contributor to the growth that occurs in response
to increased mechanical loading. We will now examine what is known about the ultrastructural
adaptations that drive this process. However, before going deeper into this topic, it is important to
consider the concept of specific tension, which is defined as the maximal isometric force produced
per CSA. At the myofiber level, the underlying premise for this concept is that the maximal isometric
force is directly dependent on the number of the force-generating elements that act in parallel
with the line of force production, and that the number of these elements is directly dependent on
the CSA of the myofiber [157,158]. This thesis becomes particularly important when formulating
hypotheses about the mechanisms that potentially contribute to the radial growth of the myofibers.
For instance, if the CSA of a myofiber increases and specific tension remains constant, then it can be
inferred that the radial growth was due to a proportionate addition of both force-generating elements
(e.g., myofilaments/sarcomeres/myofibrils) and non-force-generating elements (e.g., mitochondria,
sarcoplasmic reticulum, intracellular fluid, connective tissue, etc.). Alternatively, if the CSA of a
myofiber increases and specific tension decreases, then it can be inferred that the radial growth was
due to a disproportionately greater increase in the amount of non-force-generating elements. Thus,
through measurements of specific tension, one can obtain fundamental insight into the mechanisms
that drive the radial growth of the myofibers.

As summarized in a recent meta-analysis by Dankel et al. (2019), at least 15 different studies
have assessed whether the specific tension of individual myofibers is impacted by resistance exercise.
Importantly, the overwhelming majority of these studies have concluded that specific tension is
either not significantly altered, or slightly increases in hypertrophied myofibers [159–167]. Similar
observations have also been made in myofibers that were isolated from muscles that have adapted
to extreme forms of mechanical loading, such as synergist ablation [168]. Thus, it would appear
that the radial growth of myofibers is driven by a proportional increase in the force-generating
and non-force-generating elements. However, despite this evidence, some have argued that a
disproportionate increase in the non-force-generating elements can make a substantive contribution to
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radial growth. This type of radial growth has generically been referred to as sarcoplasmic hypertrophy,
and in the following sections we will address in greater detail whether radial myofiber growth is
driven by sarcoplasmic hypertrophy and/or the expansion of the force-generating elements that act in
parallel with the line of force production.

5.2.1. Sarcoplasmic Hypertrophy

Anecdotal observations suggest that although bodybuilders have bigger muscles than powerlifters,
they are not as strong. Such observations have led many to contend that myofiber hypertrophy in
bodybuilders is due to a disproportionately larger increase in non-force-generating elements (i.e.,
sarcoplasmic hypertrophy). It has also been hypothesized that these non-force-generating elements
could include osmotically active metabolites (e.g., creatine and glycogen) that would draw water into
the myofiber, and/or organelles such as the sarcoplasmic reticulum and mitochondria [101,169,170].
However, the relevance of these hypotheses is dependent on whether sarcoplasmic hypertrophy makes
a substantive contribution to the mechanical load-induced growth of myofibers. Thus, in this section,
we will critically evaluate the evidence that surrounds this concept.

Several studies have been commonly cited as providing support for the existence of sarcoplasmic
hypertrophy [32,36,163,171–174]. For instance, D’Antona et al. (2006) measured specific tension in
single myofibers from recreationally active subjects, and from subjects that had engaged in bodybuilding
for at least 2 years. With regards to providing support for sarcoplasmic hypertrophy, the often-cited
outcome is that specific tension was lower in the Type I fibers of bodybuilders [163]. However,
it is important to point out that the same study also observed an increase in specific tension of the
Type IIA and IIX myofibers from the same bodybuilders [163]. The work of Meijer et al. (2015) is
another frequently cited study that measured specific tension in single myofibers. In this case, specific
tension was measured in myofibers from control subjects, bodybuilders, and powerlifters. Importantly,
it was concluded that specific tension was lower in the myofibers obtained from bodybuilders [172].
At first glance it would appear that this study provides clear support for the notion that bodybuilders
experience sarcoplasmic hypertrophy; however, 9 of the 12 bodybuilders in the study admitted
to recent use of anabolic steroids [172]. This is noteworthy because the use of anabolic steroids
has been associated with alterations in protein composition and the morphological properties of
myofibers [175,176]. Indeed, MacDougall et al. (1982) reported a 9.8% decrease in the proportion of
the myofiber CSA that is occupied by the myofibrils in elite bodybuilders and powerlifters (6 of 7 of
whom admitted to the use of anabolic steroids), whereas only a 1.6% difference was observed after
6 months of resistance exercise in subjects that denied the use of anabolic steroids [32]. In addition to
the aforementioned concerns, it also bears mentioning that the studies by D’Antona et al. and Meijer et
al. were both cross-sectional in nature. This is important because it is well known that cross-sectional
studies cannot be used to infer cause and effect relationships [177–180]. Thus, caution needs to be used
when considering whether the outcomes of D’Antona et al. and Meijer et al. provide support for the
presence of sarcoplasmic hypertrophy.

Other studies that have been cited as providing support for the existence of sarcoplasmic
hypertrophy include the work of Penman (1969) who subjected participants to 8 weeks of an exercise
intervention that included either progressive resistance exercise, isometric contractions, or stair
running [171]. The frequently cited outcome from this study is that exercise led to a decrease in the
“myosin concentration” (defined as number of myofibrils in a 5 μm2 area) [171]. However, this study
only included 2 subjects per group, there was a substantial amount of variance in the data, and no
statistical analyses were performed.

Another commonly cited study involves the work of Toth et al. (2012) whom subjected older
subjects (≈73 years of age) to 18 weeks of resistance exercise and observed a significant decrease in the
proportion of the myofiber CSA that was occupied by the myofibrils [36]. Importantly, however, the
resistance exercise program employed in this study did not lead to a significant increase in myofiber
CSA. Thus, if anything, the observed decrease in the proportion of the CSA that was occupied by the
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myofibrils would suggest that the resistance exercise program led to the selective loss of the myofibrils
rather than a disproportionately large increase in non-force-generating elements (i.e., sarcoplasmic
hypertrophy).

More recently, Haun et al. (2019) concluded that the myofiber hypertrophy that occurs after
6 weeks of high-volume resistance training can be largely attributed to sarcoplasmic hypertrophy [173].
Specifically, the key piece of evidence in this study was the observed trend for a decrease in
the concentrations of myosin and actin after the 6 weeks of training (P = 0.052 and P = 0.055,
respectively) [173]. Although these results are interesting, it should be noted that 15 subjects were
analyzed in this study, and they only represented a subset of the 31 subjects that participated in the
original training intervention [180]. More importantly, the 15 subjects that were examined only included
the subjects who showed an “increase” in myofiber CSA (responders by the authors’ definition) [173].
This is important because when all 31 subjects from the original training intervention were considered,
it was determined that the 6 weeks of training did not induce myofiber hypertrophy [180]. Accordingly,
the results of Haun et al. (2019) cannot be viewed as being representative of the whole population and,
are therefore, difficult to interpret within the context of whether sarcoplasmic hypertrophy normally
makes a substantive contribution to the mechanical load-induced growth of myofibers.

In summary, we remind the reader that as summarized by Dankel et al. (2019), a large number of
longitudinal studies have shown that specific tension is preserved in myofibers that have experienced
radial growth as a result of increased mechanical loading [159–168]. This consistent body of evidence
strongly suggests that the radial growth of myofibers is not driven by sarcoplasmic hypertrophy, but
rather is due to a proportionate increase in the force-generating and non-force-generating elements
that act in parallel with the line of force production.

5.2.2. Expansion of the Force-Generating Elements

In myofibers from vertebrates, the force-generating myofilaments are contained within the
sarcomere and organized into a hexagonal array of thick and thin myofilaments [181]. The overall
geometry and spacing between the myofilaments is highly conserved, and thus, any changes in the
number of force-generating myofilaments that are aligned in parallel would likely be matched by a
proportionate alteration in the CSA that is occupied by the sarcomeres/myofibrils [182,183]. Given that
specific tension is preserved in myofibers that have experienced radial growth as a result of increased
mechanical loading, and that specific tension is dependent on the number of in parallel force-generating
elements, it would follow that the radial growth is mediated by a propionate increase in the CSA
that is occupied by the sarcomeres/myofibrils. Indeed, a handful of studies have directly tested this
thesis, and all of them reported that induction of myofiber hypertrophy was associated with minimal
changes (≤4%) in the relative proportion of the CSA that was occupied by the myofibrils [32–35,184].
For instance, MacDougall et al. (1982) reported that 6 months of resistance exercise in humans led to a
22–25% increase in the CSA of myofibers along with almost no change in the proportion of the CSA that
was occupied by the myofibrils (84.2% vs. 82.6% in the pre- and post-trained states, respectively) [32].
Put differently, the data from MacDougall et al. indicated that the total area occupied by the myofibrils
increased by ≈23%, but whether this was due to radial growth of the pre-existing myofibrils (myofibril
hypertrophy) and/or an increase the number of myofibrils (myofibril hyperplasia) was not determined
(Figure 7A) [32]. In fact, we are not aware of any studies that have systematically addressed whether
mechanical load-induced myofiber hypertrophy is mediated by myofibril hypertrophy and/or myofibril
hyperplasia. In our opinion, it is easy to envision how the induction of myofibril hypertrophy and/or
myofibril hyperplasia could serve as the foundational events by which mechanical loading drives the
radial growth of myofibers, thus the lack of knowledge on this topic is quite surprising.
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Figure 7. (A) Illustration of how an increase in the CSA of the pre-existing myofibrils (myofibril
hypertrophy) and an increase in the number of myofibrils (myofibril hyperplasia) can contribute to the
radial growth of myofibers. (B,C) Summary of the data from Goldspink (1970) which highlights the
relationship that exists between myofiber CSA and myofibril diameter (B), as well as myofiber CSA
and myofibril number (C), in mice of various ages [185].

Even though the concepts of myofibril hypertrophy and myofibril hyperplasia have not been
thoroughly examined within the confines of mechanical load-induced skeletal muscle growth, there is
still much that can be learned from related fields of study (e.g., developmental growth of skeletal muscle,
mechanical load-induced growth of the heart, etc.). For instance, seminal work by Goldspink (1970) used
mice of various ages to establish that a positive linear relationship exists between myofibril diameter
and myofiber CSA, and a similar relationship was also found to exist between myofibril number and
myofiber CSA (Figure 7B,C) [185]. Collectively, the results of this study provided some of the first
evidence that both myofibril hypertrophy and myofibril hyperplasia could contribute to the radial
growth of myofibers. Moreover, these observations provided the basis for Dr Goldspink’s intriguing
model of radial growth which involves a process he called myofibril splitting [141,185–187]. Specifically,
Dr Goldspink proposed that the increase in myofibril number that occurs during the radial growth of
myofibers could be explained by the longitudinal splitting of pre-existing myofibrils. In support of his
hypothesis, he published numerous longitudinal images of single myofibrils that appeared to split
into two smaller daughter myofibrils (Figure 8A) [185–187]. Moreover, he demonstrated that the splits
usually occurred in the middle of Z-disc, and were typically found in myofibrils that are twice as large
as myofibrils that did not contain splits [185].

In addition to his observations on longitudinal splitting, Dr Goldspink also noted that the thin
myofilaments in sarcomeres do not run directly perpendicular to the Z-disc, but instead are offset at a
slightly oblique angle (≈6–10◦) [186]. This was an important observation because it suggested that
the thin myofilaments could exert outward radial forces on the Z-disc when the sarcomeres contract.
Indeed, this became a key part of his myofibril splitting model in which it was proposed that myofibrils
initially undergo hypertrophy and, as their diameter increases, the outward radial forces that they
exert on the Z-disc also increases. The outward radial forces place a strain on the center of the Z-disc,
and when these forces reach a critical threshold, it causes the Z-disc to break (Figure 8B). The break
begins at the center of the Z-disc and forms a split which then propagates through the remainder of the
myofibril and ultimately forms two smaller daughter myofibrils.
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Figure 8. (A) Electron micrographs of longitudinal sections from mouse skeletal muscle. Red arrows
highlight myofibrils that appear to split into two smaller daughter myofibrils (copied with permission
from [186]). (B) Illustration from Goldspink (1983) which describes how the oblique angle of the thin
myofilaments could exert outward radial forces on the Z-disc when the sarcomeres contract (copied
with permission from [140]).

Dr Goldspink’s model of myofibril splitting was developed over 40 years ago, and it has frequently
served as the textbook explanation of how myofibril number could increase during the radial growth of
myofibers [188–191]. However, despite being widely accepted, the validity of the model has not been
rigorously tested. For instance, we are not aware of any direct evidence that a single myofibril can split
into daughter myofibrils. Furthermore, we are not aware of any studies that have established whether
the outward radial forces generated by the obliquely aligned myofilaments would be physically capable
of “breaking” the Z-disc. In addition to limited evidence, there are also parts of myofibril splitting
model that seem to be incomplete. For instance, as shown in Figure 8B, it has been shown that the
diameter of the myofibrils is directly related to the size of the myofibers, and from our point of view,
Dr Goldspink’s model is not capable of explaining this relationship [185]. Nevertheless, the general
concepts of the myofibril splitting model are well reasoned and, as such, it will serve as framework for
remainder of our discussions on myofibril hypertrophy and myofibril hyperplasia.

5.2.3. Myofibril Hypertrophy

If we assume that the basic concepts of the myofibril splitting model are correct, and that they can
be applied to the radial growth of myofibers that occurs in response to increased mechanical loading,
then the first part of the overall growth process would involve myofibril hypertrophy. This initial
hypertrophic response would continue until the myofibrils reached the critical size that induces
splitting. The splitting would result in the formation of daughter myofibrils that would then undergo
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hypertrophy until they split, and the cycle would repeat until the radial growth of the myofiber
commenced. We will now examine the limited body of literature that surrounds this thesis.

To the best of our knowledge, only one study has addressed whether mechanical load-induced
myofiber hypertrophy is associated with myofibril hypertrophy [184]. This study was performed by
Ashmore and Summers (1981) and was focused on defining the changes that occur in the patigialis
muscle of young chickens after 1–7 days of wing-weighting [184]. Importantly, the same group had
previously demonstrated their model of wing-weighting leads to an ≈55% in myofiber CSA after
7 days [136], and not surprisingly, their 1981 publication revealed that the increase in myofiber CSA
was matched by a proportionate increase in the CSA that was occupied by the myofibrils [185]. In this
study, they also found that the average CSA of the individual myofibrils increased by 36% after 7 days,
and this was associated with a 2.6-fold increase in the proportion of myofibrils that presented with
signs of splitting [136]. When taken together these results are very noteworthy because they provide
critical support for the notion that mechanical loading can induce myofibril hypertrophy, and that this
effect is associated with an increase in myofibril splitting.

The results of Ashmore and Summers (1981) provided support for the notion that mechanical
loading can induce myofibril hypertrophy, and therefore raise questions about the processes that
drive this response [184]. When considering these processes it is important to remember that the
force-generating myofilaments within the myofibrils are organized into a hexagonal array and the
spacing between the myofilaments is highly conserved [181–183]. Thus, it can be predicted that an
increase in the CSA of the myofibril would be met by a proportionate increase in the number of
force-generating myofilaments per CSA. If this is correct, then one is left with the question of where
the new myofilaments get deposited.

As illustrated in Figure 9, some possible locations of new myofilament deposition include but
are not limited to: (A) the periphery of the pre-existing myofibril, (B) the center of the pre-existing
myofibril, or (C) throughout the pre-existing myofibril. All these options seem plausible, but options
B and C would likely require extensive remodeling of the pre-existing myofilament lattice, whereas
option A presumably would not. Thus, from a resources/energetic standpoint, the deposition of new
myofilaments at the periphery of the pre-existing myofibril would appear to be the most cost-effective
and least disruptive option.

The work of Morkin (1970) is often cited as providing support for the notion that new myofilaments
are added to the periphery of myofibrils [192]. Specifically, in this study, rat diaphragm muscles
were incubated with 3H-leucine to label newly synthesized proteins, and then electron microscope
autoradiography was used to identify the location of the newly synthesized proteins [192]. As shown
in Figure 10A, the location of the newly synthesized proteins was indicated by the presence of relatively
large (≈300 nm) electron dense grains. The quantitative results from this study are shown in Figure 10B
with the bars indicating how frequently the center of the grains appeared at various distances from the
periphery of the myofibril, and the green highlighted curve illustrating the theoretical distribution of the
grains that would be expected if the myofibrils were labeled exclusively at the periphery. At first glance,
the close match between the theoretical and observed values appears to provide compelling support
for the conclusion that new myofilaments are added to the periphery of the myofibrils [192]. However,
this evidence becomes less persuasive when one considers that ribosomes are typically localized in the
intermyofibrillar space and many of these ribosomes appear in polysomal configurations which is
indicative of active protein synthesis (Figure 10C) [193,194]. This point leads us to question how well
the data from Morkin (1970) would fit with a different hypothesis. In this case, the hypothesis was
that the ribosomes in the intermyofibrillar space are actively engaged in the synthesis of new proteins.
In Figure 10D,E, we have illustrated how well the data from Morkin (1970) fit with the theoretical
distribution of the grains that would be expected if the myofibrils were labeled exclusively at the
periphery, and compared that with the theoretical distribution of the grains that would be expected
if newly synthesized proteins were located exclusively within the intermyofibrillar space. The key
point from this illustration is that the data appears to be consistent with both theoretical distributions,
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and this is because the resolution provided by autoradiography simply does not allow for a clear
distinction between the two possibilities.

Figure 9. Illustration of where new myofilaments might be added during myofibril hypertrophy. The
described possibilities include: (A) the periphery of the pre-existing myofibril, (B) the center of the
pre-existing myofibril, or (C) throughout the pre-existing myofibril.

Figure 10. (A) Electron microscope autoradiograph from Morkin (1970) which shows the large electron
dense grains that were used to identify the location of newly synthesized proteins in the rat diaphragm.
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(B) Bars represent the frequency distribution of the grains relative to the periphery of the myofibril,
and the green shaded curve illustrates the theoretical distribution that would be expected if the newly
synthesized proteins were located exclusively at the periphery of the myofibril. The images in both
A and B were copied with permission from [192]. (C) Electron micrograph of the levator ani muscle
from an adult rat which reveals the presence of ribosomes in the intermyofibrillar space. Please note
that many of the ribosomes appear in different polysomal configurations (P1, P2 and P3) (copied with
permission from [193]). (D,E) Illustration of how well the data from Morkin 1970 fit with the theoretical
distribution that would be expected if the newly synthesized proteins were located exclusively at the
periphery of the myofibril (D) versus being located exclusively within the intermyofibrillar space (E).
(F) A graph illustrating the theoretical radial distribution of the signal obtained with electron microscope
autoradiography versus with immunoelectron microscopy that employed a primary antibody (15 nm
diameter) conjugated to a 10 nm gold-particle [195–197].

The limitations of the resolution that can be obtained with electron microscope autoradiography have
been thoroughly described by Caro (1962) and Salpeter et al. (1969) [195,198]. Importantly, both of these
studies demonstrate that under typical conditions, 50% of the grains will develop within ≈130 nm of the
source and 95% of the grains will develop within≈300 nm [195,198] (Figure 10F). This level of resolution
would be outstanding if the goal was to identify the location of newly synthesized proteins within a
myofiber (typical diameter of 25,000 nm), but it is far from ideal when the goal is to identify the location
of newly synthesized proteins within a myofibril (typical diameter 850 nm). To effectively accomplish
this goal, technologies that offer a much higher level of resolution are needed, and fortunately, such
technologies are now available. For instance, it is now possible to identify the location of newly
synthesized proteins with immunological and click-chemistry-based technologies [199,200]. This is
noteworthy because, as illustrated in Figure 10F, a typical immunoelectron microscopy-based approach
will result in 100% of the signal appearing within 20 nm of the source, and the use of more advanced
approaches (e.g., 1 nm gold conjugated Fab antibody fragments, or click-chemistry-based linkers) can
allow for a resolution of less than 7 nm [197,201–203]. Thus, although we still do not know whether
mechanical load-induced hypertrophy of myofibers is driven by myofibril hypertrophy, or where new
myofilaments get added during the process of myofibril hypertrophy, the technologies that are need to
answer these fundamental questions are now within our reach.

5.2.4. Myofibril Hyperplasia

As mentioned in the previous section, the study by Ashmore and Summers (1981) provided support for
the notion that the mechanical load-induced radial growth of myofibers is associated with myofibril
hypertrophy, but unfortunately, the study did not address the concept of myofibril hyperplasia [184].
In fact, we are not aware of any studies that have directly addressed this concept, and the only study we
could find that even came remotely close was performed by Holmes and Rasch (1958) [204]. Specifically,
this study involved 7 weeks of training rats with progressively more intense running and concluded
that the number of myofibrils per myofiber in the sartorius muscle was not significantly altered by
the training regime [204]. However, it was also determined that the training regime did not lead
to a significant increase in mass of the sartorius muscle and, thus, it is difficult to extrapolate any
meaningful insights from the data.
Although we are not aware of any studies in skeletal muscle that have directly addressed whether
mechanical load-induced myofiber hypertrophy is associated with myofibril hyperplasia, there are a few
studies that have addressed this topic in the heart. For instance, Toffolo and Ianuzzo (1994) used aortic
constriction to subject rat hearts to mechanical overload and found that after 30 days, the cardiomyocyte
area had increased by ≈50% and this was associated with an ≈70% increase in the number of myofibrils
per cardiomyocyte [205]. An increase in the number of myofibrils per cardiomyocyte has also been
observed in hypertrophied human hearts that were examined postmortem [206]. Furthermore, Anversa
et al. (1980) examined heart papillary muscles after 8 days of mechanical overload and observed a 55%
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increase in the CSA of the cardiomyocytes that was occupied by the myofibrils, but no change in the
CSA of the individual myofibrils, thus implying an increase in myofibril number [207]. Taken together,
these studies consistently suggest that an increase in mechanical loading can lead to an increase in
myofibril number in the heart, but whether the same effect occurs in skeletal muscles remains to
be determined.

5.2.5. The Radial Growth of Myofibers—Closing Remarks

As we have discussed, a substantial body of evidence indicates that the mechanical load-induced
radial growth of myofibers is mediated by a proportional increase in the force-generating and
non-force-generating elements. The force-generating elements are contained within the myofibrils,
and the myofibrils account for ≈80% of the myofiber CSA. Thus, it can be argued that the bulk of the
radial growth is driven by an expansion of the myofibrils. However, whether this expansion is due
to hypertrophy of the individual myofibrils and/or myofibril hyperplasia remains to be established.
Based on our collective view of the literature, we propose that both processes are involved, and can be
explained by a model that we have defined as the “myofibril expansion cycle”. Specifically, as illustrated
in Figure 11, the myofibril expansion cycle begins with the deposition of new myofilaments around the
periphery of the pre-existing myofibrils, and results in myofibril hypertrophy. Once the myofibrils
reach a critical size, they split and subsequently form two smaller daughter myofibrils. The daughter
myofibrils are then able to enter another round of the cycle, and the cycle repeats until the radial
growth of the myofiber has commenced. Clearly, our model is based on an integration of hypotheses
that were proposed more than 40 years ago, and as emphasized throughout this section, the validity
of these hypotheses have not been rigorously tested. Fortunately, the technologies that are needed
to test these hypotheses are now available. Thus, we hope that this section will help to inspire new
investigations into this seemingly forgotten, yet critically important aspect of skeletal muscle biology.

Figure 11. Illustration of the proposed “Myofibril Expansion Cycle”.

6. Take Home Messages

Mechanical loads are one of the most potent regulators of muscle mass and the maintenance of
muscle mass plays a critical role in health and quality of life. In Table 1 we have summarized the
major structural adaptations that have been implicated in the mechanical load-induced growth of
skeletal muscle. Based on our review, we have also considered whether each of these adaptations
makes a substantive contribution to the overall growth process, as well as the level of evidence that is
available to support that conclusion. The table also lists some of the major gaps in knowledge that
we identified during our review of the literature. Importantly, this is not meant to be an exhaustive
summary, and exclusion from the table does not indicate that a given adaptation or gap in knowledge
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is unimportant (e.g., satellite cell fusion, are satellite cells necessary for mechanical load-induced
growth, etc.).

Table 1. The Structural Adaptations that Drive the Mechanical Load-Induced Growth of Skeletal Muscle.

Adaptation Evidence Gaps in Knowledge

Longitudinal Growth of Fascicles High Does mechanical loading alter the number of fascicles?
Can mechanical loading lead to the addition of new myofibers in-series?

Radial Growth of Fascicles High
To what extent does myofiber hyperplasia, myofiber splitting, and the
lengthening of myofibers with intrafascicular terminations contribute to

the radial growth of fascicles?

Myofiber Splitting Low Do physiologically relevant models of mechanical loading induce
myofiber splitting?

Myofiber Hyperplasia Low & Controversial To what extent, if any, does myofiber hyperplasia contribute to the
radial growth of fascicles?

Longitudinal Growth of Myofibers
Mixed - Model

Dependent

Do physiologically relevant forms of mechanical loading induce the
longitudinal growth of myofibers?

Where, and how, are new sarcomeres added during the longitudinal
growth of myofibers?

Radial Growth of Myofibers Extremely High Is mechanical load-induced myofiber hypertrophy driven by myofibril
hypertrophy and/or myofibril hyperplasia?

Sarcoplasmic Hypertrophy Low & Controversial
Are there specific conditions during which sarcoplasmic hypertrophy
might make substantive contribution to the mechanical load-induced

growth of myofibers?

Myofibril Hypertrophy Low Does mechanical loading lead to myofibril hypertrophy?
Where are new myofilaments deposited during myofibril hypertrophy?

Myofibril Hyperplasia Very Low Does mechanical loading lead to myofibril hyperplasia?
Are new myofibrils generated via the process of myofibril splitting?

As documented in this review, several of the adaptations that we consider as having weak supporting
evidence have been engrained in the literature as “textbook” mechanisms (e.g., the longitudinal growth
of myofibers is driven by the addition of new sarcomeres at the ends of myofibers, new myofibrils are
formed via myofibril splitting, etc.). We hope that after reading this review, the reader appreciates how
little we actually know about the structural adaptations that drive skeletal muscle growth, and the
number of extremely fundamental gaps in knowledge that remain to be filled.
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Abstract: Intracellular calcium (Ca2+) homeostasis plays a vital role in the preservation of skeletal
muscle. In view of the well-maintained skeletal muscle found in Daurian ground squirrels
(Spermophilus dauricus) during hibernation, we hypothesized that hibernators possess unique strategies
of intracellular Ca2+ homeostasis. Here, cytoplasmic, sarcoplasmic reticulum (SR), and mitochondrial
Ca2+ levels, as well as the potential Ca2+ regulatory mechanisms, were investigated in skeletal
muscle fibers of Daurian ground squirrels at different stages of hibernation. The results showed
that cytoplasmic Ca2+ levels increased in the skeletal muscle fibers during late torpor (LT) and
inter-bout arousal (IBA), and partially recovered when the animals re-entered torpor (early torpor, ET).
Furthermore, compared with levels in the summer active or pre-hibernation state, the activity and
protein expression levels of six major Ca2+ channels/proteins were up-regulated during hibernation,
including the store-operated Ca2+ entry (SOCE), ryanodine receptor 1 (RyR1), leucine zipper-EF-hand
containing transmembrane protein 1 (LETM1), SR Ca2+ ATPase 1 (SERCA1), mitochondrial calcium
uniporter complex (MCU complex), and calmodulin (CALM). Among these, the increased extracellular
Ca2+ influx mediated by SOCE, SR Ca2+ release mediated by RyR1, and mitochondrial Ca2+ extrusion
mediated by LETM1 may be triggers for the periodic elevation in cytoplasmic Ca2+ levels observed
during hibernation. Furthermore, the increased SR Ca2+ uptake through SERCA1, mitochondrial
Ca2+ uptake induced by MCU, and elevated free Ca2+ binding capacity mediated by CALM may be
vital strategies in hibernating ground squirrels to attenuate cytoplasmic Ca2+ levels and restore Ca2+

homeostasis during hibernation. Compared with that in LT or IBA, the decreased extracellular Ca2+

influx mediated by SOCE and elevated mitochondrial Ca2+ uptake induced by MCU may be important
mechanisms for the partial cytoplasmic Ca2+ recovery in ET. Overall, under extreme conditions,
hibernating ground squirrels still possess the ability to maintain intracellular Ca2+ homeostasis.

Keywords: calcium homeostasis; hibernation; mitochondria; sarcoplasmic reticulum; skeletal muscle
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1. Introduction

The maintenance of cytoplasmic calcium (Ca2+) homeostasis is important for the preservation of a
normal structure and function of skeletal muscle fibers. Skeletal muscle inactivity can trigger Ca2+

homeostasis disturbance, often characterized by cytoplasmic Ca2+ overload [1]. A direct consequence
of this overload is the activation of calpain system-mediated protein degradation [2]. In addition, an
increased cytoplasmic Ca2+ concentration can promote cell apoptosis [3]. Increased protein degradation
and cell apoptosis are both involved in skeletal muscle loss.

Hibernation is a unique survival strategy exhibited by various mammals in order to cope with
adverse environments in winter, during which hibernators not only face the challenge of prolonged
skeletal muscle inactivity, but also deal with other stresses, including hypoxia, fasting, and repeated
ischemia-reperfusion during the torpor-arousal cycle. However, various studies have reported that
skeletal muscle is well-maintained in hibernators during hibernation [4,5]. Therefore, hibernators can
be considered typical anti-atrophy models, with their unique skeletal muscle preservation mechanism
undoubtedly an attractive and valuable research topic.

Previous findings from our laboratory showed that, under adverse conditions over several
months of hibernation, the cytoplasmic Ca2+ concentration in skeletal muscle fibers of Daurian ground
squirrels increased transiently during inter-bout arousal, partially recovered after re-entering torpor,
and almost recovered to pre-hibernation levels in the post-hibernation stage, thus exhibiting good Ca2+

homeostasis during the entire hibernation cycle [6]. During long-term hibernation, the torpor-arousal
cycle likely plays an important role in protecting skeletal muscle from atrophy by avoiding or alleviating
persistent and excessive cytoplasmic Ca2+ overload-induced protein degradation. Therefore, exploring
the potential mechanisms involved in Ca2+ homeostasis during hibernation could help reveal the
mechanisms against disuse-induced skeletal muscle atrophy of hibernators. To date, however, only
one study (from our lab) has reported on sarcoplasmic reticulum Ca2+ pump (SERCA) expression in
skeletal muscles during hibernation [7]. As such, the regulatory mechanisms involved in intracellular
Ca2+ homeostasis in skeletal muscle fibers are far from having been clarified.

The level of intracellular Ca2+ is closely related to the expression level and activity of Ca2+

transport proteins or channels located in the plasma membrane and intracellular Ca2+ storage
membrane (mainly sarcoplasmic reticulum (SR) and mitochondria), as well as intracellular Ca2+

binding proteins. Increased extracellular Ca2+ influx and intracellular Ca2+ storage/release (especially
in the SR) both contribute to an increase in the intracellular Ca2+ concentration. Store-operated Ca2+

entry (SOCE) is the most important channel transporting extracellular Ca2+ into the cytosol. Stromal
interaction molecule-1 (STIM1) located in the endoplasmic reticulum (ER) and Orai1 (also known
as calcium-release-activated calcium-modulator, CRACM1) located in the cell membrane are two
essential components required for SOCE [8–10]. With external stimulation, Ca2+ is released from
the STIM1 EF-hand domain, which triggers the aggregation and movement of STIM1 to ER/plasma
membrane (PM) binding sites, as well as the Orai1 aggregation of STIM1, and leads to the activation
of SOCE and Ca2+ influx [11–14]. The ryanodine receptor (RyR) is a major SR Ca2+ release channel.
Specifically, when sensing cell membrane depolarization, exterior membrane L-type calcium channels
(surface membrane and T tubules) and dihydropyridine receptors (DHPR) combine to activate RyR,
resulting in substantial SR Ca2+ release [15,16]. The RyR family is comprised of three isoforms (i.e.,
RyR1–3), with RyR1 exclusively expressed and particularly enriched in skeletal muscle [17]. Leucine
zipper-EF-hand-containing transmembrane protein 1 (LETM1) is a Ca2+-H+ exchanger located in the
mitochondrial membrane. When the mitochondrial Ca2+ concentration is high, LETM1 will extrude
excess Ca2+ from the mitochondria into the cytoplasm [18]. Therefore, LETM1 is another possible
contributor to elevated cytoplasmic Ca2+ levels.

In contrast to the above mechanisms, however, the increase in Ca2+ efflux, intracellular Ca2+

uptake of the Ca2+ pool, and binding capacity of free Ca2+ binding protein in the cytoplasm all
effectively decrease cytoplasmic Ca2+. Plasma membrane Ca2+ ATPase (PMCA) can eject Ca2+ from
the cytosol into the external medium, thereby attenuating the cytoplasmic Ca2+ concentration. PMCA3
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is the major isoform expressed in skeletal muscle [19]. As a primary active transporter located in the
SR membrane, SR/ER Ca2+ ATPase (SERCA) can decrease cytoplasmic Ca2+ levels by pumping Ca2+

from the cytosol into the SR, which is one of the key factors attenuating cytoplasmic Ca2+ overload
in skeletal muscle fibers [20]. The mitochondrial calcium uniporter (MCU) complex is considered a
major channel for the transportation of Ca2+ into mitochondria [21]. Mitochondrial calcium uptake
1 and 2 (MICU1 and 2) are two regulatory subunits of MCU [22]. When the Ca2+ concentration in
the intermembrane space is low, the heterodimers of MICU1 and MICU2 block the MCU channel
and inhibit the entry of Ca2+ into the mitochondria. In contrast, when the Ca2+ level is high upon
stimulation, the binding of Ca2+ to the MICU protein elicits a conformational change, resulting in
the opening of the channel and the transportation of Ca2+ into the mitochondria [21,23]. Calmodulin
(CALM), a Ca2+ binding protein located in the cytoplasm, can directly reduce the concentration of
cytoplasmic free Ca2+ by combining with four Ca2+ ions [24]. Overall, Ca2+ uptake channels, extrusion
mechanisms, and free Ca2+ binding proteins all contribute to intracellular Ca2+ homeostasis.

What, then, is the role of Ca2+ channels in Ca2+ fluctuations during the torpor-arousal cycle?
To answer this question, we investigated the cytoplasmic, SR, and mitochondrial Ca2+ levels in the
plantaris (PL, calf muscle) and adductor magnus (AM, thigh muscle) muscles of Daurian ground
squirrels during different hibernation states (i.e., summer active, pre-hibernation, late torpor (entering
a new bout after more than 5 d), inter-bout arousal (arousing spontaneously for less than 12 h), early
torpor (entering a new bout for less than 48 h), and post-hibernation). Furthermore, a comprehensive
and time-course investigation was carried out to explore the roles of the above major Ca2+ transport
proteins/channels, including SOCE, RyR1, LETM1, PMCA3, SERCA1, and MCU, as well as the major
Ca2+ binding protein CALM, in the fluctuations of Ca2+ concentration throughout hibernation.

2. Materials and Methods

2.1. Animals and Groups

All animal procedures and care and handling protocols were in accordance with the approval
granted by the Laboratory Animal Care Committee of the China Ministry of Health (approval No.
MH-55). The Daurian ground squirrels used in the experimental procedures were captured from the
Weinan region, Shaanxi Province, China. Upon return to the laboratory, all squirrels were maintained
in an animal room under a temperature range of 18–25 ◦C and modified daily light conditions
(coincident with local sunrise and sunset). After one month of adaptation, the adult individuals were
weight-matched and divided into six groups (n = 6–8): (i) Summer active group (SA): samples were
collected in mid-June; (ii) pre-hibernation group (PRE): samples were collected in mid-September; (iii)
late torpor group (LT): after two months hibernation, animals entered into a new hibernation bout and
were in continuous torpor for at least 5 d, with a stable body temperature (Tb) of 5–8 ◦C; (iv) inter-bout
arousal group (IBA): after two months hibernation, animals entered into a new hibernation bout and
were fully aroused, with the Tb returned to 34–37 ◦C for less than 12 h; (v) early torpor group (ET): after
two months hibernation, animals entered into a new hibernation bout, with Tb maintained at 5–8 ◦C
for less than 24 h; (vi) post-hibernation group in spring (POST): animals awaking from hibernation and
maintaining a Tb of 36–38 ◦C for more than 3 d in March of the following year. Animals in the SA and
PRE groups were maintained in an environment with a natural light:dark photoperiod until sacrifice.
When the ground squirrels gradually entered torpor in early November, the animals were transferred
to a 4–6 ◦C dark hibernaculum. Due to observations occurring twice a day under weak light, these
animals were housed under a 2:22 light-dark cycle. The Tb of animals was measured using a visual
thermometer with thermal imaging (Fluke, VT04, Everett, Washington, DC, USA). The different states
of the animals used here are shown in Figure 1.
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Figure 1. Representative images and sampling time of Daurian ground squirrels in different periods.
SA, summer active; PRE, pre-hibernation; LT, late torpor; IBA, inter-bout arousal; ET, early torpor;
POST, post-hibernation.

2.2. Muscle Sample Collection and Preparation

Muscle sample collection was carried out at 9:00 am for the SA, PRE, LT, and POST groups. Due
to the specific sampling procedures in the IBA and ET groups, it could not be guaranteed that sample
collection in these two groups always occurred at 9:00 am. Animals were anesthetized with sodium
pentobarbital (90 mg/kg). The two distinct skeletal muscles (PL and AM) were carefully isolated and
surgically removed. Subsequently, left leg muscles were treated with embedding medium for frozen
section cutting and staining and right leg muscles were used for all other experiments. Following
surgical intrusion, the squirrels were euthanized via sodium pentobarbital overdose injection.

2.3. Skeletal Muscle Fiber Cross-Sectional Area (CSA) Determination

As described previously [25], immunofluorescence and confocal analyses were used to measure
the muscle fiber cross-sectional area (CSA) in frozen sections. Briefly, 10-μm thick frozen cross-sections
were cut from the muscle mid-belly at −20 ◦C with a CM1850 cryostat (Leica, Wetzlar, Germany)
and stored at −80 ◦C until further staining. After fixing in 4% paraformaldehyde for 30 min, slices
were permeabilized in 0.1% Triton X-100 for 30 min, blocked with 1% bovine serum albumin (BSA) in
phosphate-buffered saline (PBS) at room temperature for 60 min, and then incubated at 4 ◦C overnight
with an anti-laminin antibody (1:500, Boster, BA1761-1, Wuhan, China) to visualize muscle fiber CSA.
Subsequently, after washing them three times with PBS (10 min/time), the sections were incubated
at 37 ◦C for 2 h with a 647-labeled IgG secondary antibody (1:400, Thermo Fisher Scientific, A-21235,
Eugene, OR, USA). Finally, the slices were treated with anti-fade mounting medium (Life Technologies,
1427588, Eugene, OR, USA). Images were visualized via confocal laser scanning microscopy (Olympus,
FV1000, Tokyo, Japan) at a 40× objective magnification. Image-Pro Plus 6.0 was used to measure
muscle fiber CSA. In detail, eight images were captured from each sample, and the CSA of all complete
muscle fibers (about 30) within each picture was then analyzed. Therefore, the CSA of ~250 muscle
fibers per skeletal muscle sample was determined.

2.4. Single Muscle Fiber Isolation

We anaesthetized the squirrels with 90 mg/kg sodium pentobarbital, after which muscle samples
(including the tendons) were carefully removed from the neighboring tissues and sarcolemma, ensuring
that the blood and nerve supply remained intact. The muscle samples were subsequently separated
into two full-length strips along the longitudinal axis using a pair of tweezers. The muscle strips, which
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were obtained from the same middle region, were then washed with 20 mL of PBS (137 mM sodium
chloride, 2.7 mM potassium chloride, 4.3 mM disodium chloride, 1.4 mM monopotassium phosphate,
pH 7.4) and digested with 3 mL of enzymatic digestion solution containing 0.35% collagenase I
(Sigma-Aldrich, C0130-1G, Saint Quentin Fallavier, France), followed by orbital shaker incubation at
37 ◦C for 2 h and saturation with 95% O2 and 5% CO2 to ensure complete digestion of the muscle
fiber samples. Finally, the digestion solution was removed with a PBS rinse and the muscle samples
were added to Dulbecco’s modified Eagle’s medium (DMEM) (Hyclone, AC10221937, Pittsburgh, PA,
USA) containing 10% fetal bovine serum (FBS) (Everygreen, 11011-8611, Hangzhou, China), 25 μM
of N-benzyl-p-toluenesulfonamide (BTS) (TCI, B3082, Shanghai, China), and 0.1 M HEPES (Guoan,
H0082, Xi’an, China), and were carefully stirred with a pipette. The digested single muscle fiber
samples were finally plated on culture chamber slides and viewed via inverted microscopy (Olympus,
IX2-ILL100, Tokyo, Japan).

2.5. Measurement of Cytoplasmic Ca2+

We used fluo-3-acetoxymethylester (Fluo-3/AM) (Invitrogen, Carlsbad, CA, USA), which
demonstrates increased fluorescence upon Ca2+ binding, to determine cytoplasmic free Ca2+. Briefly,
after washing the samples three times with fresh PBS, dye (5 mM Fluo-3/AM) was slowly added along
the sides of the single muscle fibers, followed by incubation in the dark at 37 ◦C for 30 min. After
incubation, the glass slide-mounted Fluo-3/AM-loaded fibers were washed with fresh PBS three times
(20 s/time, 1-min process). The slide was quickly placed on the microscope stage, with the fibers
focused in the bright field (20-s process) and scanned via laser confocal microscopy in combination with
an Olympus FV10-ASW system (Tokyo, Japan) under 488-nm krypton/argon laser illumination, with
fluorescence detected at 526 nm. According to their length, three to five pictures were captured at 10×
objective magnification for each muscle fiber (10-s capture process for each picture). In consideration of
the influence of muscle fiber size on the fluorescence intensity, the average fluorescence intensity (total
fluorescence intensity/total area of selected region) was used to measure the Ca2+ levels. Specifically,
the average fluorescence intensity of 10 different regions in each picture was measured using Olympus
Fluoview v4.2 software. All pictures (3–5 pictures, depending on the muscle fiber length) of each fiber,
with 10 muscle fibers per sample, were used for statistical analysis.

2.6. Measurement of Sarcoplasmic Reticulum Ca2+

We used magnesium-Fluo-4-acetoxymethylester (mag-Fluo-4/AM) (M14206, Thermo Fisher
Scientific, Eugene, OR, USA), which demonstrates increased fluorescence upon Ca2+ binding, to
indicate SR free Ca2+, as per Park et al. (2000) [26]. Briefly, after washing samples twice with fresh
PBS, dye (5 mM mag-Fluo-4/AM) was slowly added along the sides of the single muscle fibers,
followed by incubation in the dark at 37 ◦C for 30 min. After incubation, the glass slide-mounted
mag-Fluo-4/AM-loaded fibers were washed with fresh PBS three times (20 s/time, 1-min process).
The slide was then quickly placed on the microscope stage, with the fibers focused in the bright field
(20-s process) and scanned via laser confocal microscopy in combination with an Olympus FV10-ASW
system (Japan) under 488-nm krypton/argon laser illumination, with fluorescence detected at 526 nm.
Analysis and statistical methods were similar to those used for the measurement of cytoplasmic Ca2+

mentioned above.

2.7. Measurement of Mitochondrial Ca2+

We used Rhod-2/AM (R1244, Thermo Fisher Scientific, USA), which demonstrates increased
fluorescence upon Ca2+ binding in the mitochondria, to determine mitochondrial free Ca2+ [27]. Briefly,
after washing samples twice with fresh PBS, dye (5 μM Rhod-2/AM) was slowly added along the sides
of the single muscle fibers, followed by incubation in the dark at 37 ◦C for 30 min. After incubation,
the glass slide-mounted Rhod-2/AM-loaded fibers were washed with fresh PBS three times (20 s/time,
1-min process). The slide was then quickly placed on the microscope stage, and the fibers were focused
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in the bright field (20-s process) and scanned via laser confocal microscopy in combination with an
Olympus FV10-ASW system (Japan) under 594-nm krypton/argon laser illumination, with fluorescence
detected at 618 nm. Analysis and statistical methods were similar to those used for the measurement
of cytoplasmic Ca2+ mentioned above.

2.8. Total RNA Extraction and Quantitative Real-Time Polymerase Chain Reaction (RT-PCR)

As per Fu et al. (2016) [6] and in accordance with the manufacturer’s protocols, we extracted total
RNA from the muscle samples using an RNAiso Plus kit (TaKaRa Biotechnology, 9109, Dalian, China).
RNA quality was characterized using the OD260/OD280 ratio, after which selected samples (those
exhibiting OD260/OD280 > 1.8) were reverse transcribed into cDNA using an appropriate reagent
(TaKaRa Biotechnology, RR036A China) and stored (−20 ◦C) for the following analyses. Here, qRT-PCR
was undertaken using a SYBR Premix Ex Taq II kit (TaKaRa Biotechnology, RR820A, China), following
the protocols stated by the manufacturer. The resultant dissolution and amplification curves were
observed and selected, with the α-tubulin reference gene and 2−ΔΔct method then being applied to
analyze the relative mRNA concentrations of STIM1, ORAI1, RyR1, LETM1, PMCA3, SERCA1, MCU,
MICU1, MICU2, CALM, and α-tubulin. The primers used for the above genes (Sangon, Nanjing,
China) are listed in Table 1.

Table 1. Primers used for quantitative real-time PCR experiments.

Genes Primer Sequence

STIM1 forward: 5′-CAGTTCTCATGGCCCGAGTT-3′
reverse: 5′-GTGGGGAATGCGTGTGTTTC-3′

ORAI1 forward: 5′-CGCAAGCTCTACTTGAGCCG-3′
reverse: 5′-CATCGCTACCATGGCGAAGC-3′

RYR1 forward: 5′-GGTACTGGTCGGGATACCCT-3′
reverse: 5′- GACCTCGGGACTCTCAATCA-3′

Letm1 forward: 5′-ACTGGTCCCTTTCCTGGTCT-3′
reverse: 5′-CTTCAGCCTCTCCTCCTTGA-3′

PMCA3 forward: 5′-CGGCGGTCTTCGGTCCTCAG-3′
reverse: 5′-TGGGCTTGGCGGCAGAGAG-3′

SERCA1 forward: 5′-GGTACTGGTCGGGATACCCT-3′
reverse: 5′-GCTGGATAGAGCCTGTGACC-3′

MCU forward: 5′-TGGTGTGTTTTTACGGCAAC-3′
reverse: 5′-TCATCAAGGAGGAGGAGGTC-3′

MICU1 forward: 5′-TGGGTATGCGTCACAGAGAT-3′
reverse: 5′-GATGGTCAGTTTCCCCTTGA-3′

MICU2 forward: 5′-TGACACCACGAGACTTCCTCT-3′
reverse: 5′-GATTCCTGCCAATACCTCCTC-3′

CALM forward: 5′-GGCACCATTGACTTCCCAGA-3′
reverse: 5′-TCTGCCGCACTGATGTAACC-3′

α-tubulin forward: 5′-AATGCCTGCTGGGAGCTCTA-3′
reverse: 5′-CAGCGCCTGTCTCACTGAAG-3′

2.9. Protein Extraction and Western Blotting Analysis

Muscle samples (~0.1 g) were weighed and fully homogenized with 1 mM RIPA Lysis Buffer
(Heart, WB053A, Xi’an, China), 1% protease inhibitor cocktail (Heart, WB053B, Xi’an, China), and 1%
phenylmethylsulfonyl fluoride (PMSF, Heart, WB053C, Xi’an, China). After 15 min of centrifugation at
4 ◦C and 15,000 rpm, the supernatants were removed and placed into new tubes, with soluble protein
concentrations then detected using a PierceTM BCA Protein Quantitation kit (Thermo Fisher Scientific,
23227, USA). The supernatants were mixed with 1 × SDS loading buffer (100 mM Tris, 5% glycerol, 5%
2-β-mercaptoethanol, 4% SDS, and bromophenol blue, pH 6.8) at a 1:4 v/v ratio, followed by boiling
and then storage at −20 ◦C for further analysis.
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Western blotting procedures were as described by Zhang et al. (2017) [28]. In brief, we first
separated the muscle protein extracts using SDS-PAGE on 10% Laemmli gels (acrylamide/bisacrylamide
ratio of 37.5:1 for STIM1, ORAI1, LETM1, PMCA3, SERCA1, MCU, MICU1, CALM) and on 6% Laemmli
gels (acrylamide/bisacrylamide ratio of 37.5:1 for RyR1), respectively. Following electrophoresis (for
60 min at 120 V), the proteins were electrically transferred to 0.45-μm pore polyvinylidene difluoride
(PVDF) membranes (Millipore, IPVH00010, Merck kGaA, Darmstadt, Germany) using the Bio-Rad
(1703930) semidry transfer apparatus (Hercules, CA, USA) at 15 V for 30–40 min. We then blocked the
membranes at room temperature for 2 h using 5% skim milk in TBST (containing 10 mM Tris-HCl,
150 mM NaCl, 0.05% Tween-20, pH 7.6), followed by overnight incubation at 4 ◦C with primary
STIM1 (1:1000, CST, 5668S, Danvers, MA, USA), ORAI1 (1:1000, Thermo, MA5-15776, Eugene, OR,
USA), RyR1 (1:1000, CST, 8153S, USA), LETM1 (1:1000, CST, 14997S, USA), PMCA3 (1:1000, Abcam,
ab3530, Cambridge, UK), SERCA1 (1:1000, CST, 4219S, USA), MCU (1:1000, CST, 14997S, USA), MICU1
(1:750, CST, 12524S, USA), and CALM (1:1000, CST, 4830S, USA) antibodies in TBST containing
0.1% BSA. The membranes where then washed three times with TBST (10 min/time), followed by
1.5-h incubation at room temperature with horseradish peroxidase (HRP)-conjugated anti-rabbit or
anti-mouse secondary antibodies (Thermo Fisher Scientific, A27014, USA). The membranes were
again washed with TBST (four times × 10 min), with the resulting immunoblots being visualized
using enhanced chemiluminescence reagents (Thermo Fisher Scientific, NCI5079, USA), in accordance
with the manufacturer’s instructions. Blot quantification was conducted using Image-Pro Plus 6.0
software. Total protein staining of the gel was used as the normalization control for all blots. In detail,
as described previously, 0.5% 2,2,2-trichloroethanol (TCE) was first added to the gel [29–31]. After
electrophoresis, the gel was irradiated on the UV platform of the electrophoresis gel imaging analysis
system (G: box, GBOX Cambridge, UK) for 5 min, with the signal then being collected. As described
previously [32,33], the original images captured with no gain were stored. After that, the fluorescence
intensity of each lane (after removal of the background fluorescence intensity) was determined with
Image-Pro Plus 6.0, with the internal reference being used to correct the fluorescence intensity of the
target protein. Specificity detection of the complete SDS-PAGE lane for each antibody used in the
present study is shown in Figure S1.

2.10. Co-Localization Analysis of ORAI1/STIM1

Briefly, 10-μm thick frozen cross-sections were cut from the muscle mid-belly at −20 ◦C with
a CM1850 cryostat (Leica, Wetzlar, Germany). After fixing samples in 4% paraformaldehyde for
30 min, slices were permeabilized in 0.1% Triton X-100 for 30 min, blocked with 1% BSA in PBS at
room temperature for 60 min, and then incubated at 4 ◦C overnight with an anti-ORAI1 antibody
(1:50, Thermo, MA5-15776, USA). On the second day, after washing samples three times with PBS (10
min/time), the sections were incubated at 37 ◦C for 2 h with an Alexa Fluor FITC-conjugated secondary
antibody (1:300, Thermo Fisher Scientific, Rockford, IL, USA). After again washing samples three times
with PBS (10 min/time), the slices were incubated at 4 ◦C overnight with an anti-STIM1 antibody (1:300,
CST, 5668S, USA). On the third day, after washing samples three times with PBS (10 min/time), the
sections were incubated at 37 ◦C for 2 h with a 647-labeled IgG secondary antibody (1:200, Thermo
Fisher Scientific, A-21235, USA). The slices were then washed three times with PBS (10 min/time) and
dried and treated with anti-fade mounting medium (Life Technologies, 1427588, USA). Images were
visualized and captured via confocal laser scanning microscopy (Olympus, FV1000, Japan) at a 40×
objective magnification with krypton/argon laser illumination at 488 and 647 nm and captured at 526
and 665 nm. As previously described [34,35], the co-localization of ORAI1/STIM1 was calculated by
Pearson’s correlation coefficients using Image-Pro Plus 6.0.

2.11. Statistical Analysis

Data are presented as means ± SEM. SPSS Statistics 17.0 was used for all statistical tests. Group
differences were determined via one-way analysis of variance (ANOVA) with Fisher’s least significant
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difference (LSD) post hoc test. When no homogeneity was detected, ANOVA-Dunnett’s T3 method
was applied. A value of p < 0.05 was considered statistically significant.

3. Results

3.1. Skeletal Muscle Mass and Single Muscle Fiber CSA of PL and AM during Different Hibernation Periods

Changes in skeletal muscle morphology were observed by analyzing the muscle mass (MM)
(Figure 2B) and muscle fiber CSA (Figure 2A,C) in different groups. The results showed that, compared
with the SA group, slight decreases in muscle mass and single muscle fiber CSA (15–20%) were
observed during hibernation.

Figure 2. Changes in muscle mass and single muscle fiber CSA in PL and AM muscles during different
periods. (A) Representative fluorescence images of single muscle fiber CSA in PL and AM muscles.
400×magnification, scale bar = 100 μm. (B) Histogram depicting muscle mass of PL and AM muscles
during different periods. (C) Histogram depicting single muscle fiber CSA in PL and AM muscles
during different periods. CSA, cross-sectional area; PL, plantaris; AM, adductor magnus. SA, summer
active group; PRE, pre-hibernation group; LT, late torpor group; IBA, inter-bout arousal group; ET, early
torpor group; POST, post-hibernation group. Values are means ± SEM, n = 6–8. * p < 0.05 compared
with SA; # p < 0.05 compared with PRE.

3.2. Cytoplasmic Ca2+ Level in Single Skeletal Muscle Fibers during Different Hibernation Periods

In comparison with that in the SA and PRE groups, the cytoplasmic Ca2+ level in the single PL
and AM muscle fibers increased significantly during hibernation, and almost recovered to SA levels
post-hibernation. During the torpor-arousal cycle, the cytoplasmic Ca2+ level partially recovered when
animals re-entered the torpor state. Compared with the results in the LT group, significant decreases
in cytoplasmic Ca2+ levels were observed in the PL (24%) and AM muscles (32%) of the ET group
(Figure 3).
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Figure 3. Changes in cytoplasmic Ca2+ concentration in PL and AM muscles during different
periods. (A) Representative fluorescence images of single PL and AM muscle fibers. Scale bar =
100 μm. (B) Histogram depicting the cytoplasmic Ca2+ fluorescence intensity in PL and AM muscles
during different periods. PL, plantaris; AM, adductor magnus. SA, summer active group; PRE,
pre-hibernation group; LT, late torpor group; IBA, inter-bout arousal group; ET, early torpor group;
POST, post-hibernation group. Values are means ± SEM, n = 6–8. * p < 0.05, ** p < 0.01, and *** p < 0.001
compared with SA; # p < 0.05, ## p < 0.01, and ### p < 0.001 compared with PRE; & p < 0.05, && p < 0.01,
and &&& p < 0.001, compared with LT; $$ p < 0.01 and $$$ p < 0.001 compared with IBA; +++ p < 0.001
compared with ET.
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3.3. SR Ca2+ Level in Single Skeletal Muscle Fibers during Different Hibernation Periods

In contrast to the results produced for cytoplasmic Ca2+, the SR Ca2+ level in single PL and
AM muscle fibers decreased significantly during hibernation and almost recovered to SA levels
post-hibernation (Figure 4). During the torpor-arousal cycle, compared with that in the LT and IBA
groups, the SR Ca2+ level in the PL muscle was significantly elevated by 27–34% when animals
re-entered the torpor state, indicating that the SR Ca2+ level partially recovered in the ET group.

Figure 4. Changes in the SR Ca2+ concentration in PL and AM muscles during different periods.
(A) Representative fluorescence images of single PL and AM muscle fibers. Scale bar = 100 μm.
(B) Histogram depicting the cytoplasmic Ca2+ fluorescence intensity in PL and AM muscles during
different periods. SR, sarcoplasmic reticulum; PL, plantaris; AM, adductor magnus. SA, summer active
group; PRE, pre-hibernation group; LT, late torpor group; IBA, inter-bout arousal group; ET, early
torpor group; POST, post-hibernation group. Values are means ± SEM, n = 6–8. * p < 0.05, ** p < 0.01,
and *** p < 0.001 compared with SA; # p < 0.05, ## p < 0.01, and ### p < 0.001 compared with PRE; &&&
p < 0.001 compared with LT; $ p < 0.05, $$ p < 0.01, and $$$ p < 0.001 compared with IBA; +++ p < 0.001
compared with ET.
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3.4. Mitochondrial Ca2+ Level in Single Skeletal Muscle Fibers during Different Hibernation Periods

Compared with that in the SA or PRE groups, the mitochondrial Ca2+ level in the single muscle
fibers was elevated to varying degrees during hibernation (in PL muscle of the IBA group and in AM
muscle of the LT and ET groups) (Figure 5).

Figure 5. Changes in the mitochondrial Ca2+ concentration in PL and AM muscles during different
periods. (A) Representative fluorescence images of single PL and AM muscle fibers. Scale bar =
100 μm. (B) Histogram depicting the mitochondrial Ca2+ fluorescence intensity in PL and AM muscles
during different periods. PL, plantaris; AM, adductor magnus. SA, summer active group; PRE,
pre-hibernation group; LT, late torpor group; IBA, inter-bout arousal group; ET, early torpor group;
POST, post-hibernation group. Values are means ± SEM, n = 6–8. * p < 0.05 and ** p < 0.01 compared
with SA; # p < 0.05 compared with PRE.
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We comprehensively analyzed the changes in cytoplasmic, SR, and mitochondrial Ca2+ levels
during different periods. Firstly, the opposite changes in cytoplasmic and SR Ca2+ suggest that SR Ca2+

participates in fluctuation of the cytoplasmic Ca2+ level during hibernation. In addition, the slight
elevation in mitochondrial Ca2+ during hibernation may result from increased cytoplasmic Ca2+ or SR
Ca2+ leakage. Further studies were subsequently carried out to explore the mechanisms involved in
intracellular Ca2+ fluctuations during hibernation.

3.5. Relative mRNA and Protein Levels of Key Ca2+ Transport Proteins/Channels in Skeletal Muscle Fibers
during Different Hibernation Periods

The mRNA and protein expression levels of several major Ca2+ transport proteins/channels
located in the cytoplasm, SR, and mitochondria, including STIM1, ORAI1, RyR1, LETM1, PMCA3,
SERCA1, MCU, MICU1, MICU2, and the free Ca2+ binding protein CALM, as well as the Pearson
correlation coefficients for the co-localization of ORAI1 and STIM1, were detected to explore the
potential mechanisms involved in intracellular Ca2+ fluctuation during hibernation. It should be
clarified that, as mRNA expression is very sensitive to both internal and external environmental factors,
large variability in the size of the error bars occurred in the mRNA statistical results. Therefore, we set
a fold-change of ≥2-fold as the threshold for the biological significance of mRNA expression.

The mRNA and protein expression levels, as well as the Pearson correlation coefficients for
the co-localization of ORAI1 and STIM1, were detected to explore the role of the SOCE channel in
intracellular Ca2+ level fluctuation during hibernation. In the PL muscle, compared with that in the
SA group, the mRNA expression levels of both STIM1 and ORAI1 increased during IBA (Figure 6A,
B). Their protein expression levels showed an increasing (though non-significant) trend (Figure 7B,
C). In addition, the Pearson correlation coefficients for the co-localization of ORAI1 and STIM1 were
significantly elevated in the IBA group (Figure 8). In the AM muscle, the mRNA and protein expression
levels of STIM1 and ORAI1 showed no significant change in the IBA group. However, Pearson’s
correlation coefficients for the co-localization of ORAI1 and STIM1 exhibited slight increases in the IBA
group. Overall, the Pearson’s correlation coefficients for the co-localization of ORAI1 and STIM1 in PL
and AM muscle increased when ground squirrels aroused from torpor.
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Figure 6. Changes in the mRNA expression of distinct Ca2+ transport and binding proteins in PL and
AM muscles during different periods. Histograms depicting (A) stromal interaction molecule-1 (STIM1)
mRNA expression, (B) ORAI1 mRNA expression, (C) ryanodine receptor 1 (RyR1) mRNA expression,
(D) leucine zipper-EF-hand containing transmembrane protein 1 (LETM1) mRNA expression, (E)
plasma membrane Ca2+ ATPase (PMCA)3 mRNA expression, (F) SR Ca2+ ATPase 1 (SERCA1) mRNA
expression, (G) mitochondrial calcium uniporter (MCU) mRNA expression, (H) mitochondrial calcium
uptake 1 (MICU1) mRNA expression, (I) mitochondrial calcium uptake 2 (MICU2) mRNA expression,
and (J) calmodulin (CALM) mRNA expression in PL and AM muscles during different periods. PL,
plantaris; AM, adductor magnus. SA, summer active group; PRE, pre-hibernation group; LT, late torpor
group; IBA, inter-bout arousal group; ET, early torpor group; POST, post-hibernation group. Values
are means ± SEM, n = 6–8. * (p < 0.05 and fold change ≥ 2-fold), compared with SA; # (p < 0.05 and
fold change ≥ 2-fold) compared with PRE; & (p < 0.05 and fold change ≥ 2-fold) compared with LT; $
(p < 0.05 and fold change ≥ 2-fold) compared with IBA; + (p < 0.05 and fold change ≥ 2-fold) compared
with ET.
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Figure 7. Changes in the protein expression of distinct Ca2+ transport and binding proteins in PL and
AM muscles during different periods. Histograms depicting (A) representative Western blot images of
STIM1, ORAI1, RyR1, LETM1, PMCA3, SERCA1, MCU, MICU1, and CALM in PL and AM muscles
during different periods. Histograms depicting (B) STIM1 protein expression, (C) ORAI1 protein
expression, (D) RyR1 protein expression, (E) LETM1 protein expression, (F) PMCA3 protein expression,
(G) SERCA1 protein expression, (H) MCU protein expression, (I) MICU1 protein expression, and (J)
CALM protein expression in PL and AM muscles during different periods. PL, plantaris; AM, adductor
magnus. SA, summer active group; PRE, pre-hibernation group; LT, late torpor group; IBA, inter-bout
arousal group; ET, early torpor group; POST, post-hibernation group. Values are means ± SEM, n = 6–8.
* p < 0.05, ** p < 0.01, and *** p < 0.001 compared with SA; # p < 0.05, ## p < 0.01, and ### p < 0.001
compared with PRE; & p < 0.05 compared with LT; $ p < 0.05 and $$ p < 0.01 compared with IBA; ++
p < 0.01 compared with ET.

In view of the opposite changes between cytoplasmic and SR Ca2+ during hibernation, and to
further explore whether the increased cytoplasmic Ca2+ during hibernation resulted from SR Ca2+

release, the mRNA and protein expression levels of RyR1 were measured. As shown in Figure 6C, in
the PL muscle, compared with that in the SA group, the mRNA expression of RyR1 was significantly
elevated in the IBA group. Its protein expression also increased (47–60%) in the distinct hibernation
groups (Figure 7D). In the AM muscle, compared with that in the SA group, no significant change
in RyR1 mRNA expression occurred (Figure 6C); however, its protein expression was significantly
increased by 32% in the IBA group (Figure 7D). Overall, the protein expression of RyR1 in the PL and
AM muscles increased significantly during hibernation (especially when animals aroused from torpor).

To further explore whether increased cytoplasmic Ca2+ during hibernation resulted from
mitochondrial Ca2+ extrusion, the mRNA and protein expression levels of LETM1 were detected. In
the PL muscle, compared with that in the PRE group, the mRNA expression of LETM1 increased
significantly in the IBA and ET groups. Its protein expression level also significantly increased (37–40%)
in the IBA and ET groups. In the AM muscle, compared with that in the SA group, the mRNA
expression of LETM1 was dramatically elevated in the POST group (Figure 6D). The protein expression
level was also elevated by (36–48%) in the LT, ET, and POST groups (Figure 7E). Overall, the mRNA
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and protein expression levels of LETM1 in the PL and AM muscles were elevated during hibernation
and after post-hibernation.

Figure 8. Changes in Pearson correlation coefficients of ORAI1/STIM1 in PL and AM muscles during
different periods. (A) Representative fluorescence images in PL and AM muscles during different
periods. 800× magnification, scale bar = 100 μm. (B) Histogram depicting Pearson correlation
coefficients of ORAI1/STIM1 in PL and AM muscles during different periods. PL, plantaris; AM,
adductor magnus. SA, summer active group; PRE, pre-hibernation group; LT, late torpor group; IBA,
inter-bout arousal group; ET, early torpor group; POST, post-hibernation group. Values are means ±
SEM, n = 6–8. * p < 0.05 and *** p < 0.001 compared with SA; # p < 0.05 compared with PRE; & p < 0.05
compared with LT; $ p < 0.05 and $$ p < 0.01 compared with IBA.
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The results showed that the cytoplasmic Ca2+ level partially recovered when the ground squirrels
re-entered torpor after 12–24 h of IBA, which led us to consider the Ca2+ level recovery mechanisms
involved in this process. The mRNA and protein expression levels of PMCA3 (a major plasma
membrane Ca2+ ATPase in skeletal muscle) were first detected. The results showed that, compared
with the SA and PRE groups, the mRNA level of PMCA3 in the PL muscle increased significantly in the
IBA and ET groups (Figure 6E). A lower mRNA expression of PMCA3 was observed during hibernation
in the AM muscle. In addition, the protein expression level of PMCA3 showed no significant differences
among the different groups in either the PL or AM muscles (Figure 7F).

The mRNA and protein expression levels of SERCA1, a highly important Ca2+ pump located in the
SR, were then detected. Compared with that in the SA group, the mRNA expression level of SERCA1
in the PL and AM muscles increased significantly in the IBA group (Figure 6F). Consistent with the
changes in mRNA expression levels, the protein level of SERCA1 in the PL and AM muscles also
increased significantly (43–58%) in the LT, IBA, and ET groups (Figure 7G). Overall, elevated SERCA1
mRNA and protein expression levels were observed in the PL and AM muscles during hibernation.

Mitochondria also plays a critical role in Ca2+ storage in skeletal muscle. Therefore, the mRNA
and protein expression levels of the MCU complex, a major mitochondrial Ca2+ uptake channel, were
determined. In the PL and AM muscles, compared with those in the SA group, no significant changes in
mRNA expression levels of MCU, MICU1, or MICU2 were observed during hibernation (Figure 6G,H,I).
However, the protein expression levels of MCU and MICU1 were increased significantly (29–51%) in
the LT, IBA, and ET groups (Figure 7H,I).

In addition to the Ca2+ channels or pumps, free Ca2+ binding protein plays a major role in
cytoplasmic Ca2+ levels. Therefore, we also detected the mRNA and protein expression levels of
CALM. As shown in Figure 6J, in the PL and AM muscles, there were no significant differences in the
mRNA expression levels of CALM among the different groups. However, the protein expression level
was significantly increased during hibernation in the PL muscle, but showed no significant differences
in the AM muscle (Figure 7J).

4. Discussion

A comprehensive time-course investigation was firstly carried out to measure the cytoplasmic,
SR, and mitochondrial Ca2+ levels, as well as clarify the possible Ca2+ regulatory mechanisms, in
the skeletal muscles of Daurian ground squirrels during different hibernation states. Fluctuations in
intracellular Ca2+ levels were observed during the torpor-arousal cycle, with Ca2+ levels partially
recovered when the animals aroused and then re-entered torpor (Figure 9A). Further investigation
suggested that the Ca2+ proteins/channels and free Ca2+ binding protein located in the cytoplasm, SR,
and mitochondria all participated in the fluctuation of intracellular Ca2+ (Figure 9B).
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Figure 9. Graphical summary of the study. Our research focused on the potential roles of major Ca2+

channels and proteins in cytoplasmic Ca2+ fluctuations in skeletal muscles of Daurian ground squirrels
during hibernation. (A) Fluctuation of cytoplasmic Ca2+ levels in skeletal muscle fibers during the
torpor-arousal cycle. (B) Increased activation probability or protein expression of SOCE, RyR1, and
LETM1 may participate in the periodic elevation of cytoplasmic Ca2+ during hibernation, whereas the
increased expression of SERCA1, MCU, and CALM (only for PL) may be potential mechanisms through
which hibernators can attenuate cytoplasmic Ca2+ and restore Ca2+ homeostasis during hibernation.
Compared with that in LT or IBA groups, the decreased activation of SOCE and increased expression of
MCU may participate in the partial down-regulation of cytoplasmic Ca2+. PL, plantaris; AM, adductor
magnus. SA, summer active group; PRE, pre-hibernation group; LT, late torpor group; IBA, inter-bout
arousal group; ET, early torpor group; POST, post-hibernation group.
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During prolonged hibernation, hibernators experience various stressful conditions, including
prolonged inactivity, hypoxia, fasting, and repeated ischemia-reperfusion from the torpor-arousal cycle.
Here, after several months of hindlimb inactivity during hibernation, slight decreases in muscle mass
and single muscle fiber CSA (15–20%) were observed, suggesting that only limited skeletal muscle
loss occurs in the PL and AM muscles, consistent with our previous report on PL and gastrocnemius
muscles [36]. Obviously, hibernators can be considered good anti-atrophy models, and their unique
skeletal muscle preservation mechanisms deserve further exploration. In view of the critical role of
intracellular Ca2+ homeostasis in skeletal muscle maintenance, the present study focused on changes
in Ca2+ levels in the different compartments (including cytoplasm, SR, and mitochondria) of skeletal
muscle fibers during different hibernation stages. The results showed that the cytoplasmic Ca2+ levels
in the PL and AM muscles were elevated to varying degrees during hibernation, suggesting that, similar
to the phenomenon found in non-hibernators, prolonged skeletal muscle disuse during hibernation
was accompanied by elevated cytoplasmic Ca2+ levels [37–40]. However, fluctuations in cytoplasmic
Ca2+ levels were observed during the torpor-arousal cycle, with an increase during LT and partial
recovery when the squirrels re-entered torpor after transient arousal. Therefore, periodic arousal from
torpor may be a strategy employed by hibernators to adjust and stabilize cytoplasmic Ca2+ levels to
effectively avoid excessive Ca2+-induced skeletal muscle loss or damage. Our previous study found
that, compared with pre-hibernation levels, serum Ca2+ concentrations in ground squirrels increased
significantly during hibernation and recovered after post-hibernation [41]. This raises the question of
whether increased serum Ca2+ concentrations during hibernation influence cytoplasmic Ca2+ levels.
SOCE is the main channel of extracellular Ca2+ influx. Higher co-localization coefficients of its two
major components, i.e., STIM1 and ORAI1, represent a higher activation probability of SOCE [35]. Our
results showed that the co-localization coefficients of STIM1 and ORAI1 increased significantly during
LT and IBA, suggesting that the activation probability of SOCE increased during these two stages.
Furthermore, the extracellular Ca2+ influx mediated by SOCE may be one reason for the increased
cytoplasmic Ca2+ level during LT and IBA. In addition to extracellular Ca2+ influx, Ca2+ release from
intracellular Ca2+ storage can also cause elevated cytoplasmic Ca2+ levels. RyR1 is the main Ca2+

release channel located in the SR. The results showed that its protein expression level was up-regulated
to varying degrees during different periods of hibernation. Combined with the phenomenon that
the Ca2+ concentration in the SR showed the opposite change to that of cytoplasmic Ca2+ during
hibernation, the increased release of SR Ca2+ was likely a major reason for the increased Ca2+ level
in skeletal muscles of ground squirrels during hibernation. In addition to SR Ca2+ release, several
proteins also mediated Ca2+ efflux from the mitochondria to the cytoplasm. The present study showed
that the protein expression of LETM1, a major channel that mediates Ca2+ efflux in the mitochondrial
membrane, was increased to varying degrees during different periods of hibernation, intimating
that Ca2+ release mediated by LETM1 in the mitochondria may also be involved in the increase in
cytoplasmic Ca2+ levels during hibernation.

As a Ca2+ pump located in the cell membrane, PMCA3 can pump intracellular Ca2+ out of
the cell. In the current study, however, the PMCA3 protein expression levels showed no significant
differences during hibernation. Therefore, PMCA3 did not appear to play a substantial role in the
fluctuation of cytoplasmic Ca2+ in hibernation. In contrast, the protein expression levels of SERCA1,
a major Ca2+ uptake channel in the SR, were significantly up-regulated during different stages of
hibernation, contrary to the decrease in SERCA activity found in non-hibernating animals under
disuse conditions [42]. Our previous study showed that the protein content of SERCA2 in the soleus
and extensor digitorum longus muscles of Daurian ground squirrels increased significantly during
hibernation and IBA [7]. Other studies have also reported that SERCA activity is more resistant to
temperature reduction in hibernating cardiac muscle than that in non-hibernating rats [43,44]. Such
evidence indicates that, although faced with various stresses during hibernation, including a low
temperature, low metabolism, and prolonged skeletal muscle disuse, SERCA1 still maintains high
activity and can pump more cytoplasmic Ca2+ into the SR, thus avoiding an excessive increase in
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cytoplasmic Ca2+ and related skeletal muscle injury. In addition, the protein expression of MCU,
a major Ca2+ absorption channel located in the mitochondrial membrane, was elevated during
hibernation, and may therefore be another important mechanism for the absorption of Ca2+ into
the mitochondria and alleviation of the Ca2+ level in the cytoplasm. However, we know that when
the concentration of mitochondrial Ca2+ reaches a certain threshold, mitochondrial depolarization is
triggered and, as a consequence, the pro-apoptotic protein Bax is activated, translocated, and inserted
into the outer membrane via Bax/Bax-homo-oligomerization [45]. This is followed by the formation
and opening of a mitochondrial permeability transition pore (mPTP), through which cytochrome C
(a mitochondria-residing apoptogenic factor) is released into the cytosol, leading to the cleavage of
nuclear DNA and cell apoptosis [3,46]. In the present study, the level of mitochondrial Ca2+ only
increased slightly during hibernation. Therefore, the simultaneously higher expression of MCU and
LETM1 may be a strategy employed by hibernating ground squirrels to control the balance between
cytoplasmic and mitochondrial Ca2+, and thereby avoid mitochondrial Ca2+ concentration-induced
skeletal muscle damage, such as cell apoptosis. As a free Ca2+ binding protein, CALM can relieve
the elevation of cytoplasmic Ca2+ by binding to free Ca2+ in the cytoplasm. Our results showed that
the protein expression of CALM in the PL muscle increased significantly, and the enhanced free Ca2+

binding capacity mediated by the elevated protein expression of CALM may thus be another important
mechanism in hibernating ground squirrels to alleviate cytoplasmic Ca2+ levels during hibernation.

During the torpor-arousal cycle, the intracellular Ca2+ level showed increased-decreased
fluctuation. Compared with that during LT and IBA, the cytoplasmic Ca2+ level in the skeletal
muscles of the Daurian ground squirrels was down-regulated to varying degrees after re-entry into
torpor (ET). Compared with levels in LT, the co-localization coefficients of STIM1 and ORAI1 decreased
to varying degrees, representing decreased Ca2+ influx mediated by SOCE, which may be another
critical mechanism used to avoid the intracellular Ca2+ increase caused by persistent Ca2+ influx during
hibernation. In addition, we found that the higher protein expression of Ca2+ uptake channel MCU in
ET may be another vital mechanism through which PL muscle can relieve cytoplasmic Ca2+ overload.
It is worth noting that, after arousal from hibernation, the intracellular Ca2+ levels (i.e., cytoplasmic,
SR, and mitochondrial) returned to the levels found in the SA and PRE groups, thus reflecting a strong
and rapid Ca2+ recovery ability of these ground squirrels. We further found that the expression of Ca2+

transport proteins/channels or free Ca2+ binding protein also returned to the levels observed in the SA
and PRE groups. This may be due to the sampling time of the POST group, which occurred 3 d after
the squirrels aroused from torpor, and all physiological states had returned to normal.

By comparing and analyzing the mRNA and protein expression levels of each Ca2+ transporter
protein, we found that the levels were not always consistent in the same stage. In particular, during LT,
the mRNA levels of most Ca2+ transport proteins/channels were decreased or showed no significant
change, whereas the corresponding protein expression levels were significantly increased. In view
of these results, we checked the transcription and proteomic analysis results of the skeletal muscles
during different hibernation stages (unpublished data) and found that the predicted results were
consistent with our experimental findings. Previous studies have demonstrated that transcriptional
elongation and initiation are essentially arrested during hibernation [47,48], which may be one of the
main reasons for the lower mRNA expression of Ca2+ transport proteins/channels in skeletal muscles
of Daurian ground squirrels during LT. In other words, the inconsistent changes in mRNA and protein
expression levels may be the result of total inhibition at the transcriptional level during LT, although
the corresponding protein expression was not affected during hibernation.

In summary, despite experiencing stresses such as a low temperature, low metabolism, and
prolonged hindlimb inactivity during hibernation, hibernating ground squirrels still possess a strong
Ca2+ operation ability. Here, by regulating the activity and protein expression of Ca2+ pumps,
Ca2+ channels, and Ca2+ binding proteins in the cytoplasm, SR, and mitochondrial membrane,
the dynamic balance of intracellular Ca2+ homeostasis was well-maintained during hibernation.
Therefore, maintaining intracellular Ca2+ homeostasis and avoiding skeletal muscle injury caused by

477



Cells 2020, 9, 42

its disturbance appear to be priority strategies employed by hibernating squirrels to cope with the
various stresses induced during the torpor-arousal cycle.

Supplementary Materials: The following are available online at http://www.mdpi.com/2073-4409/9/1/42/s1,
Figure S1: Represent image of the complete SDS-PAGE lane for each antibody used in present study.
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Abstract: Satellite cells (SCs) participate in skeletal muscle plasticity/regeneration. Activation of SCs
implies that nuclear changes underpin a new functional status. In hibernating mammals, periods
of reduced metabolic activity alternate with arousals and resumption of bodily functions, thereby
leading to repeated cell deactivation and reactivation. In hibernation, muscle fibers are preserved
despite long periods of immobilization. The structural and functional characteristics of SC nuclei
during hibernation have not been investigated yet. Using ultrastructural and immunocytochemical
analysis, we found that the SCs of the hibernating edible dormouse, Glis glis, did not show apoptosis
or necrosis. Moreover, their nuclei were typical of quiescent cells, showing similar amounts and
distributions of heterochromatin, pre-mRNA transcription and processing factors, as well as paired
box protein 7 (Pax7) and the myogenic differentiation transcription factor D (MyoD), as in euthermia.
However, the finding of accumulated perichromatin granules (i.e., sites of storage/transport of spliced
pre-mRNA) in SC nuclei of hibernating dormice suggested slowing down of the nucleus-to-cytoplasm
transport. We conclude that during hibernation, SC nuclei maintain similar transcription and splicing
activity as in euthermia, indicating an unmodified status during immobilization and hypometabolism.
Skeletal muscle preservation during hibernation is presumably not due to SC activation, but rather to
the maintenance of some functional activity in myofibers that is able to counteract muscle wasting.

Keywords: Hibernation; electron microscopy; immunocytochemistry

1. Introduction

Satellite cells (SCs) represent a population of postnatal mononucleated stem cells [1] that are
located between the basal lamina and the sarcolemma of skeletal muscle fibers, and are clearly
detectable by means of electron microscopy [2]. SCs are able to occasionally fuse with muscle fibers
in order to compensate for the muscle turnover caused by daily wear and tear, or support muscle
hypertrophy, thereby underpinning skeletal muscle plasticity [3,4]. SCs exert their physiological role in
close interplay with their local environment (the SC niche; [5]). While several non-SC cell populations
are involved in muscle plasticity [6], SCs represent a key factor in muscle growth and regeneration, and
research thereupon is steadily increasing over time. SCs are typically in a quiescent state, showing a
minimum amount of cytoplasm and organelles therein [7]. Upon stimulation (e.g., physical exercise or
muscle damage), SCs activate and re-enter the cell cycle, leading to proliferation and/or differentiation.
Activation of SCs implies that a transition takes place in the cell nucleus from a low/absent to a high
transcriptional activity [8]. The most obvious morphological counterpart of such a transition is a
reduction in the amount of heterochromatin, and it was shown that the activation and differentiation
of SCs are characterized by an important shift from condensed to lightly packed chromatin [9].
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Hibernation is an adaptation to adverse winter conditions adopted by several mammals [10],
which is characterized by greatly reduced metabolic activity and lowered body temperature while
maintaining homeostasis. Upon arousal, bodily functions are resumed in full. Accordingly, cells in the
organs of hibernating animals undergo periodical cycles of deactivation and reactivation. Intriguingly,
skeletal muscle mass and strength are preserved during hibernation as well as the fiber size despite
long periods of immobilization, contrary to what happens in non-hibernating mammals [11–13].
Protective mechanisms apparently take place in skeletal muscle during hibernation, which most likely
involve, among others, inhibition of proteolysis, a decrease in autophagy and increased oxidative
capacity [14,15]. The preservation of muscle mass during hibernation could also involve SC activation;
however, the role of SCs in the prevention of atrophy has barely been investigated [16,17]. In particular,
to the best of our knowledge, the structural and functional characteristics of the cell nucleus in SCs
during hibernation have not been investigated so far.

Over the last several years, the morphology of the cell nucleus during the hibernation/arousal cycle
has been studied in several tissue types of different species in our laboratory [18–27]. In the skeletal
muscle, we found that the fine structure of the muscle fiber is well preserved during hibernation
in the edible dormouse (Glis glis, Gliridae), with myonuclei showing morphological evidence of
transcriptional activity [28]. In the present work, we investigated whether hibernation affects the
structural and functional features of the SC nucleus. Both the ultrastructural and immunocytochemical
characteristics of the SC nuclei were analyzed in active and hibernating edible dormice, with a focus
on the key nuclear constituents involved in RNA transcription and processing. The results show that
the SC nuclei are similar in hibernating and euthermic dormice, suggesting that factors other than SC
activation are operating during hibernation in the immobilized skeletal muscle to prevent atrophy.

2. Materials and Methods

This is a retrospective study conducted on specimens obtained from six male edible dormice
captured in 1998/1999 for the purpose of multiple investigations upon permission from the Regione del
Veneto (Decreto n. 76 del 20 Gennaio, 1998). Adult (approximately 1–2-year-old) wild-living animals
were trapped and maintained in an outdoor animal house supplied with food and bedding material.
Under such conditions, they spontaneously began to hibernate in November and awoke in March.
Three animals were killed during the euthermic period (June–July), and three during deep hibernation
(January, after at least three days of continuous torpor). Euthermic animals were decapitated under
deep anesthesia; hibernating animals were taken from the cage and immediately decapitated.

Samples of the right quadriceps muscle were processed for transmission electron microscopy for
either morphology or immunocytochemistry.

For morphological analysis, muscle samples were fixed by immersion in 2.5% (v/v) glutaraldehyde
and 2% (v/v) paraformaldehyde in 0.1 M Sørensen phosphate buffer pH 7.4 at 4 ◦C for 2 h, post-fixed
with 1% (v/v) OsO4 at 4 ◦C for 1 h, dehydrated through graded acetone and embedded in Epon 812.
Ultrathin sections (70–80 nm in thickness) were placed on copper grids coated with a Formvar layer
and stained with Reynold’s lead citrate prior to observation.

For immunocytochemistry, muscle samples were fixed by immersion in 4% (v/v) paraformaldehyde
in 0.1 M Sørensen phosphate buffer at 4 ◦C for 2 h, washed, treated with 0.5 M NH4Cl in PBS 0.1 M
pH 7.4 to block free aldehydes, dehydrated with ethanol and embedded in LR White resin polymerized
under UV light. Ultrathin sections (70–80 nm in thickness) were placed on nickel grids coated with a
Formvar-carbon layer and treated with the following probes: mouse monoclonal antibodies directed
against the active phosphorylated form of RNA polymerase II (Abcam, Cambridge, MA, USA; ab24759)
and the DNA/RNA hybrid molecules [29], both occurring at pre-mRNA transcription sites [28,30];
the (Sm)snRNP (small nuclear RiboNucleoProtein) core protein (Abcam; ab3138), involved in the
co-transcriptional splicing of pre-mRNA [31]; the myogenic differentiation transcription factor D
(MyoD; [32] (Abcam; ab16148)); and rabbit polyclonal antibody directed against the SC-specific
paired box protein 7 (Pax7) transcription factor [33] (Abcam; ab34360). In detail, the sections were
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floated for 3 min on normal goat serum (NGS) diluted 1:100 in PBS, incubated for 17 h at 4 ◦C with
the primary antibody diluted in PBS containing 0.1% (w/v) bovine serum albumin (Fluka, Buchs,
Switzerland) and 0.05% (v/v) Tween 20. After rinsing, sections were floated on NGS, and then reacted
for 30 min at room temperature with the specific secondary 12 or 6 nm gold-conjugated antibody
(Jackson ImmunoResearch Laboratories Inc., West Grove, PA, USA) diluted 1:10 in PBS. Finally,
the sections were rinsed and air-dried. The control grids were treated as above, but the primary
antibody was omitted from the incubation mixture, and then processed as described. After the
immunocytochemical procedure, the sections were treated with Uranyl Acetate Replacement Stain
(Electron Microscopy Sciences, Hatfield, PA, USA) for 30 min and lead citrate for 45 s in order to
weakly stain the heterochromatin and visualize the structural constituents in the interchromatin space.
All grids were observed in a Philips Morgagni TEM operating at 80 kV and equipped with a Megaview
III camera for digital image acquisition.

Quantitative assessment of immunolabelling was carried out by estimating the gold particle
density over the interchromatin space (i.e., the nucleoplasmic region devoid of heterocromatin clumps)
in sections treated in the same run. Briefly, the surface areas of the nucleoplasmic region and
the heterochromatin were measured in 10 randomly selected electron micrographs (×22,000) of SC
nuclei from each animal using a computerized image analysis system (AnalySIS Image processing,
Soft Imaging System GmbH, Münster, Germany). The interchromatin space area was calculated,
the gold particles present over the interchromatin space were counted and their density was expressed
as number/μm2. Background evaluation was carried out on the resin (in the areas devoid of tissue) of
the immunolabelled samples as well as on the tissue of control samples. The same procedure was used
to assess the density of perichromatin granules (PG; representing sites of storage and/or transport of
spliced pre-mRNA [34]) over the interchromatin space.

To estimate the amount of heterochromatin, the percentage of the heterochromatin area within the
total nucleoplasm area was calculated.

For each analyzed variable, the Kolmogorov–Smirnov two-sample test was performed in order
to verify the hypothesis of identical distribution among animals in each group, and then the
mean ± standard error of the mean (SEM) was calculated. Comparisons of variables in the two
groups (euthermic and hibernating) were performed with one-way ANOVA (significance set at
p ≤ 0.05).

3. Results

In all of the muscle samples, SCs were morphologically recognizable as small cells located between
the sarcolemma and the myofiber basal lamina; they showed scarce cytoplasm and an ovoid nucleus
with an irregular border and abundant heterochromatin clumps (Figure 1).

 
Figure 1. Transmission electron micrographs of satellite cells (SCs) bordering a myofiber (my) in skeletal
muscles from euthermic (A) and hibernating (B) dormice. In both seasonal phases, SC nuclei contain
large amounts of heterochromatin (ch). (B) The accumulation of lipid droplets (L) in the myofiber is a
typical feature of hibernating edible dormice [28]. Bars: 1 μm.
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In the LR White embedded samples, the usual RNP structural constituents involved in pre-mRNA
transcription and processing were evident in the nucleoplasm (Figure 2): a few perichromatin
fibrils (PFs; representing the in situ form of nascent transcripts, as well as of their splicing and 3′
end processing [34,35]) and PGs were mainly distributed at the periphery of the heterochromatin
clumps, and small clusters of interchromatin granules (IG; representing the storage, assembly and
phosphorylation sites for transcription and splicing factors [34]) occurred in the interchromatin space
(not shown).

Figure 2. Immunoelectron microscopy. SC nuclei from euthermic (A,C,E,G) and hibernating (B,D,F,H)
dormice; immunolabelling for RNA polymerase II (A,B; arrows), DNA/RNA hybrid molecules (C,D;
arrows), small nuclear RiboNucleoProtein ((Sm)snRNP) core protein (E,F; arrows), paired box protein 7
(Pax7) (G,H; arrows) and the myogenic differentiation transcription factor D (MyoD) (G,H; arrowheads).
All antibodies specifically label perichromatin fibrils (PFs) that mostly occur at the periphery of
heterochromatin clumps (ch). Perichromatin granules (PGs) are indicated by open arrows (A,B,E,F).
Gold particles were digitally enhanced to improve their visibility. Bars: 500 nm.
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SC nuclei were structurally similar in euthermic and hibernating dormice, and morphological
evidence of apoptosis or necrosis was never found in any of the muscle samples examined.
No statistically significant difference in the percentage of heterochromatin was found between
hibernating and euthermic dormice (Figure 3A). Conversely, PG density increased in hibernating vs.
euthermic dormice (Figure 3B).

Figure 3. Quantitative evaluation of the percentage of heterochromatin (A) and PG density (B) (mean
± standard error of the mean (SEM)) in SC nuclei from skeletal muscles of euthermic (eu) and
hibernating (hib) dormice. No significant difference was found between euthermia and hibernation
for heterochromatin (p = 0.091), whereas PG density was significantly higher in hibernating dormice
(p = 0.002).

The distribution of the immunolabelling for phosphorylated polymerase II, DNA/RNA hybrid
molecules, (Sm)snRNP, PAX7 and MyoD was similar in SC nuclei from hibernating and euthermic
dormice, being almost exclusively associated with PFs at the edge of the heterochromatin clumps
(Figure 2). Quantitative evaluation of the immunolabelling revealed similar densities of all probes in
SC nuclei of hibernating and euthermic dormice (Figure 4). Background values were negligible in all
the immunolabelling experiments (not shown).

Figure 4. Quantitative immunoelectron microscopy. Labelling density (gold particles/μm2) of RNA
processing factors in the interchromatin space (mean ± SE) of SC nuclei from skeletal muscles of
euthermic (eu) and hibernating (hib) dormice. No significant difference was found between euthermia
and hibernation.

4. Discussion

The absence of morphologically recognizable apoptotic or necrotic nuclei in SCs suggests that
hibernation does not negatively affect the viability of the SC pool; this is consistent with findings in
hindlimb skeletal muscles of late torpid thirteen-lined ground squirrels showing that the number of
SCs does not decrease during deep hibernation in comparison with euthermia [16].
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The SCs bordering the myofibers of hibernating dormice were morphologically similar to those
found in euthermic animals; in particular, the structural features of their nuclei were typical of
quiescent cells with low nuclear activity, i.e., showing abundant clumps of heterochromatin and a
few PFs [34,35]. Qualitative analysis was confirmed by quantitative evaluation of heterochromatin,
which was comparable in euthermic and hibernating dormice (Figure 3), consistent with previous
observations in myonuclei of the same hibernating species [28].

Similarly, the in situ analysis of pre-mRNA transcription and processing factors did not
reveal differences in both their intranuclear distribution and amount between euthermic and
hibernating dormice.

Activated RNA polymerase II and DNA/RNA hybrid molecules as well as snRNPs were specifically
located in PFs. Similar results were obtained in myonuclei of the same edible dormice [28] as well
as in the liver and brown adipocytes of hazel dormice [20]. This finding suggests that in the SCs
of hibernating dormice, the organization of the mRNA transcription and processing machinery
is maintained.

Pax7 (a transcription factor marker of both quiescent and active SC) as well as MyoD (a transcription
factor increasing in activated SCs [32,33]), were specifically associated with PFs, i.e., sites of transcription.
Such an association was previously observed in murine myoblasts in vitro [36], and now, for the first
time, in the SCs of the intact muscle.

The presence of similar amounts of immunolabelling for both Pax7 and MyoD in SC nuclei of
euthermic and hibernating edible dormice indicates the absence of changes in their activation state
along the hibernation cycle, in accordance with findings by Brooks et al. [16] in ground squirrels.
Taken together, these results suggest that SC nuclei do not undergo modification in transcription and
early splicing during hibernation. However, accumulation of PGs was found during hibernation
in these nuclei. Since PGs are involved in storage/transport of spliced pre-mRNA [34], this finding
indicates hibernation-associated changes in pre-mRNA processing and/or a slowdown of intranuclear
or nucleus-to-cytoplasm transport of mRNAs [37]. Typically, PG accumulation due to the impairment
of pre-mRNA processing is accompanied by PF clustering. For example, PF clustering has been found
during ageing in different cell types, inclusive of SCs [30,38]. However, in SC nuclei of hibernating
edible dormice, no PF clustering was observed. Indeed, an accumulation of PGs unaccompanied by PF
clustering was observed in brown adipocytes of hibernating hazel dormice, and was interpreted as a
consequence of continuing transcription and splicing activity paralleled by a reduced export of mature
mRNA to the cytoplasm, likely to be promptly used upon arousal [39]. Accumulation of PGs during
hibernation also suggests that, in spite of the maintenance of transcription and splicing rate, SC activity
undergoes some decrease in hibernating edible dormice. This suggestion is supported by findings in
hibernating ground squirrels, where an inhibition of both SC activation and myoblast differentiation
were shown [17].

Interestingly, no nuclear bodies were observed during hibernation inside the SC nuclei of edible
dormice, whereas myonuclei of the same animals showed some amorphous bodies [28]. Different
types of nuclear bodies involved in the storage/assembly of RNA processing factors have been shown
to form in various tissues during hibernation [23] and rapidly disappear upon arousal when massive
nuclear reactivation takes place [21]. Their absence in SCs during hibernation could be related to the
naturally quiescent state of these cells, which present a low metabolic activity even in euthermia.

In conclusion, the SC nuclei of hibernating edible dormice maintain similar transcription and
splicing activity as in euthermia, although the nucleus-to-cytoplasm transport undergoes a slowing
down. Therefore, the SC activation state is unmodified during hibernation, supporting the idea that
skeletal muscle preservation during this seasonal phase, characterized by prolonged inactivity and
starvation, is not due to SCs, but rather to the maintenance of some functional activity in myofibers
that is able to counteract muscle wasting [17,28].
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