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Preface to ”Biocatalytic Synthesis of Bioactive

Compounds”

Biocatalysis, the application of enzymes as catalysts for chemical synthesis, has become an 
increasingly valuable tool for the synthetic chemist. Enzymatic transformations carried out by 
partially purified e nzymes o r w hole-cell c atalysts a re u sed f or t he p roduction o f a  w ide variety 
of compounds ranging from bulk to fine c hemicals. I n t he fi eld of  fin e che micals, the  main 
application clearly lies in the exploitation of the outstanding properties of these biocatalysts with 
respect to chemoselectivity, regioselectivity, and especially stereoselectivity in the production of 
enantiomerically pure compounds. Until recently, chemical development companies regarded 
biocatalysis as a method to be attempted only when all other chemical options failed. Currently, 
there are clear signs that this view is changing radically, with many of the new process developments 
revealing the benefits to be gained by using biocatalysis on a commercial scale. Biocatalytic processes 
have a number of advantages over the corresponding chemical methods. The conditions for such 
processes are mild and, in the majority of cases, do not require the protection of other functional 
groups. Moreover, eliminating the need for several chemical synthetic steps has had a dramatic 
impact on the overall economics. In many cases, biological methods are also enantiospecific, allowing 
for the production of chiral products from racemic mixtures. Furthermore, the features governing 
their regiospecificity d iffer f rom t hose c ontrolling c hemical s pecificity an d, in deed, it  is  possible 
to obtain biotransformations at centers that are chemically unreactive. Economically, biocatalytic 
processes are often cheaper and more direct than their chemical counterparts, and the conversions 
normally proceed under conditions that are regarded as ecologically acceptable.

The aim of this Special Issue is to present studies focused on biocatalysis as applied to the 
organic synthesis of bioactive compounds and their precursors. The obtained contributions deal 
with biotransformations, including the stereoselective synthesis of bioactive chemical compounds, 
active pharmaceutical ingredients, and natural products. The production of interesting bioactive 
compounds is covered in the eight articles comprising seven research articles and a review.

Two of these papers deal with fungal metabolism and fungi-mediated biotransformations. 
The first paper deals with improving β -pinene bioconversion by mutagenesis and adaptation of the 
fungus Chrysosporium pannorum A-1. A second paper describes a study on the biotransformation of 
bioactive coumarins by filamentous fungi.

On the other hand, the conversion of oleic acid into azelaic and pelargonic acid by a 
chemoenzymatic route represents a sustainable alternative to ozonolysis, currently employed at the 
industrial scale to perform the reaction. In addition, the findings on a gram-scale limonene production 
process using engineered Escherichia coli provide a basis for the development of an economic and 
industrially relevant bioprocess.

Alkene cleavage is a possibility to generate aldehydes with olfactory properties for the fragrance 
and flavor i ndustry. A  dye-decolorizing peroxidase (DyP) of the basidiomycete Pleurotus sapidus is 
the first described DyP with alkene cleavage activity towards aryl alkenes and showed potential as 
biocatalyst for flavor production.

Isoflavones in soybeans are well-known p hytoestrogens. Soy isoflavones present in conjugated 
forms are converted to aglycone forms during processing and storage. Isoflavone aglycones (IFAs) 
of soybeans in human diets have poor solubility in water, resulting in low bioavailability and 
bioactivity. Enzyme-mediated glycosylation is an efficient a nd e nvironmentally f riendly w ay to

ix



modify the physicochemical properties of soy IFAs. Thus, Jung et al. studied the enrichment

of polyglucosylated isoflavones from soybean isoflavone aglycones using optimized amylosucrase

transglycosylation. In the same line, Chang et al. studied the potential industrial production of

a well-soluble, alkaline-stable, and anti-inflammatory isoflavone glucoside from 8-hydroxydaidzein

glucosylated by recombinant amylosucrase of Deinococcus geothermalis.

Finally, the review discusses the use of halogenating enzymes in fine chemical syntheses,

detailing the many steps that are still needed before halogenating enzymes are considered reliable,

flexible, and sustainable catalysts for halogenation.

Overall, these eight contributions provide the reader with relevant fresh insights into the use of

enzymes and whole cells as biocatalysts.

Josefina Aleu

Editor
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Abstract: 8-Hydroxydaidzein (8-OHDe), an ortho-hydroxylation derivative of soy isoflavone
daidzein isolated from some fermented soybean foods, has been demonstrated to possess potent
anti-inflammatory activity. However, the isoflavone aglycone is poorly soluble and unstable in
alkaline solutions. To improve the aqueous solubility and stability of the functional isoflavone,
8-OHDe was glucosylated with recombinant amylosucrase of Deinococcus geothermalis (DgAS) with
industrial sucrose, instead of expensive uridine diphosphate-glucose (UDP-glucose). One major
product was produced from the biotransformation, and identified as 8-OHDe-7-α-glucoside, based
on mass and nuclear magnetic resonance spectral analyses. The aqueous solubility and stability of
the isoflavone glucoside were determined, and the results showed that the isoflavone glucoside was
almost 4-fold more soluble and more than six-fold higher alkaline-stable than 8-OHDe. In addition,
the anti-inflammatory activity of 8-OHDe-7-α-glucoside was also determined by the inhibition
of lipopolysaccharide-induced nitric oxide production in RAW 264.7 cells. The results showed
that 8-OHDe-7-α-glucoside exhibited significant and dose-dependent inhibition on the production
of nitric oxide, with an IC50 value of 173.2 μM, which remained 20% of the anti-inflammatory
activity of 8-OHDe. In conclusion, the well-soluble and alkaline-stable 8-OHDe-7-α-glucoside
produced by recombinant DgAS with a cheap substrate, sucrose, as a sugar donor retains moderate
anti-inflammatory activity, and could be used in industrial applications in the future.

Keywords: 8-hydroxydaidzein; stable; soluble; anti-inflammation; amylosucrase; Deinococcus geothermalis

1. Introduction

Daidzin (D) and genistin (G) are major components of soy isoflavone in soybeans, which are the
glucoside derivatives of soy isoflavone aglycone daidzein (De) and genistein (Ge), respectively. De and

Molecules 2019, 24, 2236; doi:10.3390/molecules24122236 www.mdpi.com/journal/molecules1
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Ge aglycones have been studied widely and demonstrated multiple bioactivities [1]. In addition
to De and Ge, some soy isoflavone derivatives have been isolated from fermented soybean foods,
and shown to possess multiple bioactivities [2]. 8-Hydroxydaidzein (8-OHDe), an ortho-hydroxylation
derivative of De, was first isolated from the fermentation broth of Streptomyces sp. In the presence of
soybeans [3], and then from many fermented soybean foods [4–8]. In recent decades, 8-OHDe has
been evaluated to possess many bioactivities, such as suppression of multi-drug resistance in Caco-2
colon adenocarcinoma cells [9], irreversible inhibition of tyrosinase [10,11], anti-melanogenesis [12,13],
inhibition of aldose reductase [14], and anti-inflammation [15,16].

Recently, Seo et al. and Wu et al. developed mass production processes for 8-OHDe from
biotransformation of De by Aspergillus oryzae [17,18]. The availability of a large quantity of 8-OHDe
provides more opportunities for the application of 8-OHDe in the industry. However, although 8-OHDe
has many bioactivities, and can be obtained on a large scale, the isoflavone has drawbacks of low
solubility and high instability in alkaline solutions [19,20]. These drawbacks limit the applications of
8-OHDe, unless one can improve the half-life of isoflavone with higher solubility and stability.

Biotransformation of natural products by microorganisms and/or enzymes provides a route
to improve the properties of the original compounds [21,22]. Among different kinds of flavonoid
biotransformation, glycosylation of flavonoids usually holds great promise to increase the solubility
of the original compounds. For example, the aqueous solubility of soy isoflavones is improved
about 30-fold through glycosylation [23]. Likewise, the glycosyl-biotransformation of 8-OHDe might
improve its aqueous solubility and stability. In nature, glycosylation of flavonoids is usually catalyzed
with glycosyltransferases (GTs), which use activated uridine diphosphate-glucose (UDP-glucose)
as a sugar donor, and transfer the sugar to a flavonoid acceptor [24]. A previous study used the
recombinant BsGT110 from Bacillus subtilis to catalyze glucosylation of 8-OHDe [20]. The results
showed that the aqueous solubility and stability of the isoflavone glucosides (8-OHDe-7-O-β-glucoside
and 8-OHDe-8-O-β-glucoside) were greatly improved. In addition, such biotransformation was not
easily scaled up to the industrial level because of the expensive substrate, UDP-glucose.

However, some glycoside-hydroxylases (GHs) also catalyze glucosylation of flavonoids [25,26].
For example, the amylosucrase, GH of the GH13 family, is able to catalyze glucosylation of flavonoids
with cheaper sucrose as a sugar donor, which is one-millionth the cost of UDP-glucose [26].
An amylosucrase from Deinococcus geothermalis (DgAS) is one of the promising bio-catalysts in
glucosylation of phenolic molecules, because of its thermally-stable and higher activity than other
amylosucrases [27,28]. In the present study, the DgAS enzyme was produced in recombinant Escherichia
coli, and the purified DgAS was detected to catalyze the glucosylation of 8-OHDe. The biotransformed
glucosidic product was then purified with chromatography, identified with spectrometric methods.
The aqueous solubility, stability, and anti-inflammatory assay of the produced isoflavone glucoside
were determined.

2. Results

2.1. Production of DgAS Protein in Recombinant Escherichia coli

The DgAS gene was amplified from genomic DNA of Deinococcus geothermalis, and subcloned into
an expression plasmid pETDuet-1 fused with six histidine residues in the N-terminal. The constructed
pETDuet-DgAS plasmid (Figure 1a) was overexpressed in E. coli, and induced with 0.2 mM of isopropyl
β-D-1-thiogalactopyranoside (IPTG). The soluble DgAS proteins were then successfully purified
with Ni2+ chelate affinity chromatography, as shown in sodium dodecyl sulfate polyacrylamide gel
electrophoresis (SDS-PAGE) (Figure 1b).
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(a) 

(b) 
 

Figure 1. Production of the DgAS from Deinococcus geothermalis in E. coli. (a) Diagram of the constructed
plasmid; (b) SDS-PAGE of the produced DgAS in recombinant E. coli. M: protein marker; lane 1:
total protein without IPTG-induction; lane 2: total protein with IPTG-induction for 20 h; lane 3:
purified DgAS.

2.2. Biotransformation of 8-OHDe by Recombinant DgAS Protein

The purified DgAS were used to catalyze the biotransformation of 8-OHDe. The reaction contained
0.1 mg/mL of 8-OHDe, 12.5 μg/mL of DgAS, and 20 mM of sucrose as the sugar donor. The reaction
mixtures at 0 min (the dashed line) and after 30-min incubation were analyzed with ultra-performance
liquid chromatography (UPLC). One major product with a retention time (RT) of 3.1 min was observed
(Figure 2).

Figure 2. Biotransformation of 8-OHDe with DgAS. The reaction mixtures at 0 min (dashed line)
and 30 min (solid line) were analyzed with UPLC. The UPLC operation conditions are described in
Materials and Methods.

To optimize compound (1) production for further analysis, a standard mixture with 1 mg/mL
of 8-OHDe and 125 μg/mL of DgAS was carried out at different temperatures, pH levels, and serial
concentrations of sucrose for 30-min incubation. After incubation, the production conversion of the
major product was determined with UPLC (Figure 3). The results revealed the optimal condition for
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the production of compound (1) from 8-OHDe by the recombinant DgAS is pH 7, 40 ◦C, and 300 mM
of sucrose.

 
(a) 

(b) 

 
(c) 

 

 

Figure 3. Optimal condition for the production of compound (1) from 8-OHDe by DgAS. (a) 125 μg
of the purified DgAS and 1 mg/mL of 8-OHDe were incubated at different temperatures, (b) serial
concentrations of sucrose, and (c) pH levels for 30 min. After incubation, the reaction was analyzed
with UPLC. The conversion was calculated by dividing the amount of the produced compound (1) in
each reaction by the theoretical production value (1.6 mg) for 100% conversion. The mean (n = 3) is
shown, and the standard deviations are represented by error bars.

2.3. Identification of the Major Product

To resolve the chemical structure of the product, the biotransformation was scaled up to 100 mL,
with 1 mg/mL of 8-OHDe, 125 μg/mL of DgAS, and 300 mM of sucrose at pH 7 and 40 ◦C for
30-min incubation. About 90 mg of the product in the 100-mL reaction was purified with preparative
high-performance liquid chromatography (HPLC). Based on the value of the optimal conversion (89.3%)
(Figure 3), the maximum production yield of compound (1) from 100 mg of 8-OHDe is 142.3 mg (160 mg
× 0.89); thus, the purification recovery yield is 62.5% (90/142). The chemical structure of the purified
compound (1) was resolved with mass and nuclear magnetic resonance (NMR) spectral analysis.
The mass analysis of the compound showed an [M +H]+ ion peak at m/z: 433.18 in the electrospray
ionization mass (ESI-MS) spectrum corresponding to the molecular formula C21H20O10. Then 1H and
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13C nmR spectra, including distortionless enhancement by polarization transfer (DEPT), heteronuclear
single quantum coherence (HSQC), heteronuclear multiple bond connectivity (HMBC), correlation
spectroscopy (COSY), and nuclear Overhauser effect spectroscopy (NOESY) spectra, were obtained,
and the 1H and 13C nmR signal assignments were conducted accordingly (shown in Figures S1–S7).
In addition to the signals of 8-OHDe, seven proton signals (from 3.22 to 5.48 ppm) and six carbon signals
(from 60–100 ppm) indicated a glucose moiety. The J coupling constant (3.6 Hz) of the anomeric proton
(5.48 ppm) in the 1H nmR spectra of compound (1) indicated the α-configuration for the glucopyranosyl
moiety. The cross peak of H-1′′ with C-7 (5.48/148.8 ppm) in the HMBC spectrum, as well as the
cross peak of H-1′′ with H-6 (5.48/7.38 ppm) in the NOESY spectrum, demonstrated the structure of
compound (1) was 8-OHDe-7-O-α-glucoside. The key HMBC and NOESY correlations of compound
(1) are shown in Figure S8, and the spectroscopic data is listed in Table S1. The downfield shift of the 1H
signal H-1′′, the anomeric proton, of compound (1) compared to that of 8-OHDe-7-O-β-glucoside [20],
indicated their different microenvironments. Figure 4 illustrates the biotransformation process of
8-OHDe by DgAS.

Figure 4. Biotransformation process of 8-OHDe by DgAS.

2.4. Solubility, Stability, and Anti-Inflammatory Activity of 8-OHDe 7-α-glucoside.

The aqueous solubility of 8-OHDe-7-O-α-glucoside was examined (Table 1). The results revealed
that the maximum aqueous solubility of the 8-OHDe-7-O-α-glucoside is 3.92-fold, higher than that
of 8-OHDe.

Table 1. Aqueous solubility of 8-OHDe and 8-OHDe-7-O-α-glucoside.

Compound Aqueous-Solubility (mg/L) Fold

8-OHDe 47.3 1
8-OHDe-7-O-α-glucoside 185.4 3.92

In addition, 8-OHDe is very unstable in the alkaline condition [19]. This property shortens the
storage time of 8-OHDe in cosmetic or pharmaceutical products, and limits applications of 8-OHDe.
Thus, the stability of the 8-OHDe-7-O-α-glucoside and 8-OHDe was compared (Figure 5). The half-time
of 8-OHDe was 15.8 h, and only 6.8% of 8-OHDe remained in 50 mM of Tris buffer (pH 8.0) after 96-h
incubation at 20 ◦C. However, 94.6% of 8-OHDe-7-O-α-glucoside still remained after 96-h incubation
at the same condition. The half-time of 8-OHDe-7-O-α-glucoside was much longer than 96 h. Thus,
8-OHDe-7-O-α-glucoside is more than six-fold more stable than 8-OHDe in an alkaline solution.
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Figure 5. Alkaline stability of 8-OHDe (open circle) and 8-OHDe-7-O-α-glucoside (closed square).
A total of 1 mg/mL of the tested compound was dissolved in 50 mM of Tris buffer at pH 8.0, and stored
at 20 ◦C for 96 h. During the storage time, samples were taken out for UPLC at the determined interval
times. The mean (n = 3) is shown, and the standard deviations are represented by error bars.

Since the 8-OHDe-7-O-α-glucoside possesses much higher aqueous solubility and alkaline
stability than those of 8-OHDe, and 8-OHDe was recently demonstrated with potent anti-inflammatory
activity [15,16], the anti-inflammatory activity of 8-OHDe-7-O-α-glucoside and 8-OHDe was determined
by the inhibition ability on lipopolysaccharide (LPS)-induced nitric oxide (NO) production in
murine macrophage RAW264.7 cells. Macrophages are involved in chronic inflammation, and once
macrophages are elicited, an inflammatory mediator, such as NO, is produced. Thus, the NO level
in the culture supernatant could be measured as an index of inflammatory mediators. The results
of the anti-inflammatory assays indicated 8-OHDe-7-α-glucoside exhibited statistically significant
and dose-dependent inhibitory activity with an IC50 value of 173.2 ± 12.9 μM (Figure 6a), while
8-OHDe showed potent anti-inflammatory activity with an IC50 value of 34.5 ± 5.3 μM (Figure 6c).
In addition, the results of cell survival assay indicated that 100 ng/mL of LPS treatment would not
induce statistically significant cell death as the false-positive signal and reduction of NO by the tested
isoflavones was not due to the cytotoxicity of the isoflavones (Figure 6b,d).

 
(a) 

(b) 

Figure 6. Cont.
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(c) 

 
(d) 

 

Figure 6. Effects of 8-OHDe-7-α-glucoside (a,b) and 8-OHDe (c,d) on the inhibition of LPS-induced NO
production (a,c) and cell survival (b,d) in murine macrophage RAW264.7 cells. Cells were incubated
with the indicated concentrations of isoflavone for 1 h before treatment with LPS (100 ng/mL) for 24 h.
The amounts of NO were determined using the Griess reagent in the culture medium. Cell viability
was determined with MTT assay. Each value indicates the mean ± standard deviation (SD), and is
representative of the results obtained from four independent experiments. * (p < 0.001) is statistically
significantly different from the value for the cells treated with LPS treatment alone.

3. Discussion

Most GTs require additional expensive sugar donors, such as UDP-glucose, to generate glucose
conjugates. In contrast, amylosucrase is particularly useful for glucosylation of flavonoids, due to its
ability to use sucrose, an inexpensive and abundant renewable substrate, as a sugar donor. The studied
amylosucrase (DgAS) was first identified by Stephane et al. [27], who expressed DgAS with N-terminal
fusion of glutathione-S-transferase (GST) in E. coli, and found that the GST-DgAS was an inactive
protein insoluble in the inclusion bodies. The N-terminal GST needed to be removed for the functional
glucosylation activity. In contrast, Lee et al. recently produced recombinant DgAS in E. coli with fusion
of His-tag in its C-terminal, and successfully purified the fusion DgAS as an active form with a simple
Ni2+ affinity chromatography method [29]. The authors used the DgAS to catalyze glucosylation of
hydroquinone forming α-arbutin, and their results showed an optimal reaction condition at pH 7,
40 ◦C, and 300 mM of sucrose. In the present study, we expressed DgAS with N-terminal His-tag
fusion in E. coli, and successfully purified the fusion DgAS as an active form with a similar method
(Figures 1 and 2). After induction, 12.5 mg of well-soluble DgAS could be purified from 150 mL of the
cell cultivation. Moreover, the optimal condition of major compound production by the DgAS enzyme
(Figure 3) was consistent with that of Lee et al. [29], although we used 8-OHDe as the sugar acceptor.
Thus, it seems that either N-terminal (the present study) or C-terminal [29] His-tag fusion is a more
suitable strategy than GST fusion for DgAS production in E. coli.

Based on the naturally catalytic property of DgAS, which syntheses glucan polymer (amylose)
from hydrolysis of the sucrose substrate, DgAS prefers catalyzing glucosylation sites at the hydroxyl
group of an existing sugar moiety as the sugar acceptor [27,28]. Thus, it is easy to predict the
catalytic products from the flavonoid glycosides substrate by DgAS, which would add a glucose
moiety from sucrose to the hydroxyl group of sugar moiety in the flavonoid glycoside [30,31].
However, it is difficult to predict the O-glucosylation product when a flavonoid aglycone contains
multiple hydroxyl groups as the sugar acceptor, due to the lack of sugar moiety in the structure.
Thus far, DgAS has been reported to catalyze O-glucosylation only toward three flavonoid
aglycones, catechin (5,7,3′,4′-tetrahydroxyflava-3-ol) [32], baicalein (5,6,7-trihydroxyflavone) [33],
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and 8-OHDe (7,8,4′-trihydroxyisoflavone, the present study), to form catechin-3′-O-α-glucoside,
baicalein-6-O-α-glucoside, and 8-OHDe-7-O-α-glucoside, respectively. The three flavonoid aglycones
contain a hydroxyl group at C7; however, only 8-OHDe was glucosylated at the C7 site by DgAS
(Figure 4). It seems that DgAS prefers the two sites C3′ and C6 rather than C7 on flavonoid aglycones for
glucosylation. The detail molecular mechanism for the glucosylation sites toward flavonoid aglycones
by DgAS must be systematically studied in the future.

Drugs with poor aqueous solubility exhibit dilution rate-limited absorption in the membrane of
the gastrointestinal tract; therefore, enhancing the solubility of drugs that have poor water solubility is
an important issue in pharmaceutical research [32]. For example, although 8-OHDe is highly valuable
in pharmaceutical research [3–16], its applications have been restricted due to its poor water solubility
and alkaline instability in aqueous solution. Furthermore, the stability of flavonoids at various pH
levels is also important for absorption in the gut, because of the sharp increase in pH from the acidic
stomach to the slightly alkaline intestine. Glucosylation of flavonoids could improve such limitations.
The stability and solubility of the glycosylated product were found to be drastically increased when
compared to their aglycones [20]. In the present study, glucosylation significantly extended the half-life
of 8-OHDe (Figure 5), and increased 3.92-fold the aqueous solubility of 8-OHDe (Table 1). Therefore,
the glucosylated product, 8-OHDe-7-O-α-glucoside, has high potential in the pharmaceutical industry.

However, glucosylated flavonoids sometimes lose the bioactivity of their flavonoid precursors,
although glucosylation could improve aqueous solubility, and extend the half-life of flavonoids. Since
8-OHDe has been shown to exhibit high anti-inflammatory activity [15,16], we wanted to determine
the effect of glucosylated 8-OHDe on anti-inflammatory activity. As expected, the results showed that
8-OHDe-7-O-α-glucoside maintains only 20.1% of the anti-inflammatory activity of 8-OHDe (Figure 6),
which is consistent with Hamalainen et al.’s results [34]. Hamalainen et al. also found inhibition of NO
production in RAW264.7 cells by soy isoflavone genistein (97% of inhibition of NO production at the
100-μM concentration) was about five-fold higher than that of genistein-7-β-glucoside, genistin (17%
of inhibition of NO production at the 100-μM concentration). The results reveal that the glucosyl group
of the isoflavone skeleton would induce a negative effect on the exhibition of the anti-inflammatory
activity. The detailed structure-activity relationship needs to be studied in the future. In addition,
the signaling pathways involving in the anti-inflammatory activity by 8-OHDe in macrophage cells
was already determined by Wu et al. [15] and Kim et al. [16], who demonstrated that the signals in
both nuclear factor κB (NF- κB) and activator protein 1 (AP1) signaling pathways were inhibited by
8-OHDe in the anti-inflammation. Therefore, it is worthy to know if 8-OHDe-7-α-glucoside has similar
signaling mechanism of anti-inflammation in the future. Nevertheless, the trade-off improved solubility,
and long half-life alkaline-stability could extend the potential application of 8-OHDe-7-O-α-glucoside
in anti-inflammation.

4. Materials and Methods

4.1. Microorganisms, Animal Cells, and Chemicals

Deinococcus geothermalis DSM11300 (BCRC17378) and mouse macrophage cells RAW 264.7
(BCRC60001) were obtained from the Bioresources Collection and Research Center (BCRC, Food
Industry Research and Development Institute, Hsinchu, Taiwan), and cultivated according to the
BCRC protocol. E. coli BL21 (DE3) and the pET-Duet-1 expression plasmid were obtained from the
Novagen Company (Madison, WI, USA). Restriction enzymes and DNA modified enzymes were
obtained from New England Biolabs (Ipswich, MA, USA). 8-OHDe was prepared according to Dr. Wu’s
method [18]. IPTG, 3-(4,5-dimethylthiazol-2-yl)-2,5-diphenyltetrazolium bromide (MTT), dimethyl
sulfoxide (DMSO), LPS, and Greiss reagent were purchased from Sigma (St. Louis, MO, USA). The other
reagents and solvents used are commercially available.
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4.2. Preparation of Recombinant DgAS Enzyme

DgAS was amplified from the genome of Deinococcus geothermalis with polymerase chain reaction
(PCR) with a primer set: forward 5′-cccgaattcgCTGAAAGACGTGCTCACTTCTGAAC-3′ and reverse
5′-aaactcgagTTATGCTGGAGCCTCCCCGGCGGTC-3′, which contained EcoRI and XhoI restriction
sites, respectively. The amplified DNA fragment (1.95 kb) was digested with EcoRI and XhoI, and ligated
into the corresponding sites on the pET-Duet-1 expression plasmid to form pETDuet-DgAS (Figure 1a),
which was then transformed into E. coli (DE3) with the electroporation method [20]. The recombinant
E. coli (DE3) was cultured in Luria-Bertani (LB) medium to optical density at 560 nm (OD560) of 0.6,
and then induced with 0.2 mM of IPTG. After further cultivation at 18 ◦C for 20 h, the cells were
centrifuged at 4500× g and 4 ◦C for 20 min. The cell pellet was washed, and spun down twice with
50 mM of phosphate buffer (PB) at pH 6.8, and then broken with sonication via a Branson S-450D
Sonifier (Branson Ultrasonic Corp., Danbury, CT, USA). The sonication program was carried out for
five cycles of 5 sec on and 30 sec off at 4 ◦C. The mixture was then centrifuged at 15,000× g and 4 ◦C
for 20 min to remove the cell debris. The supernatant containing the produced DgAS fused with a
His-tag in its N-terminal was applied in a Ni2+ affinity column (10 i.d. × 50 mM, Ni Sepharose 6 Fast
Flow, GE Healthcare, Chicago, IL, USA). The His-tag fused DgAS was washed with PB with 25 mM of
imidazole and eluted with PB containing 250 mM of imidazole. The elution was then concentrated
and desalted through Macrosep 10 K centrifugal filters (Pall, Ann Arbor, MI, USA). The concentration
of the purified DgAS was determined with the Bradford method [20], and analyzed with SDS-PAGE
(Figure 1b). The purified DgAS was stored in a final concentration of 50% glycerol at –80 ◦C before use.

4.3. Biotransformation of 8-OHDe by the Purified DgAS Enzyme

Biotransformation was carried out in 1 mL of reaction mixture containing 0.1 mg/mL of 8-OHDe,
12.5 μg/mL of DgAS, 150 mM of sucrose, and 50 mM of Tris, pH 8.0. The reaction was performed
at 40 ◦C for 30 min. After reaction, the reaction mixture was analyzed with UPLC. To optimize the
major compound production, 1 mg/mL of 8-OHDe and 125 μg of DgAS were used as the substrate at
different temperatures, pH levels, and sucrose concentrations. To optimize the pH, 50 mM of acetate
buffer (pH 5 and pH 6), phosphate buffer (pH 7), and Tris buffer (pH 8 and pH 9) were used.

4.4. UPLC

UPLC was performed with an Acquity® UPLC system (Waters, Milford, MA, USA). The stationary
phase was the Kinetex® C18 column (1.7 μm, 2.1 i.d. × 100 mM, Phenomenex Inc., Torrance, CA, USA),
and the mobile phase was 1% acetic acid in water (A) and methanol (B). The linear gradient elution
condition was 0 min with 36% B to 7 min with 81% B at a flow rate of 0.2 mL/min. The detection
condition was set at 254 nm.

4.5. Purification and Identification of the Biotransformation Product

One hundred milliliters of the reaction mixture (1 mg/mL of 8-OHDe, 125 μg/mL of DgAS, 300 mM
of sucrose, 50 mM of phosphate buffer, pH 7) was carried out at 40 ◦C for 30 min. At the end of
the reaction, equal volume of methanol was added into the reaction mixture to stop the reaction.
Two hundred milliliters of the reaction mixture with 50% of methanol was applied in a preparative
YL9100 HPLC system (YoungLin, Gyeonggi-do, Korea). The stationary phase was the Inertsil ODS
3 column (10 mM, 20 i.d. × 250 mM, GL Sciences, Eindhoven, The Netherlands), and the mobile
phase was the same as those in the UPLC system, but with a flow rate of 15 mL/min. The detection
condition was 254 nm, and the sample volume was 10 mL for one injection. The product from each run
was collected, concentrated under vacuum, and lyophilized with a freeze dryer. From the 100 mL of
reaction, 90 mg of the major compound was purified. The chemical structure of the major compound
was determined with mass and nmR spectral analysis. The mass spectral analysis was performed on a
Finnigan LCQ Duo mass spectrometer (ThermoQuest Corp., San Jose, CA, USA) with ESI. 1H- and
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13C-NMR, DEPT, HSQC, HMBC, COSY, and NOESY spectra were recorded on a Bruker AV-700 nmR
spectrometer (Bruker Corp., Billerica, MA, USA) at ambient temperature. Standard pulse sequences
and parameters were used for the nmR experiments, and all chemical shifts were reported in parts per
million (ppm, δ).

4.6. Determination of Aqueous Solubility and Stability

Aqueous solubility and stability were conducted with the methods we used in a previous study [20].
For aqueous solubility assay, the tested compound was vortexed in distilled deionized H2O for 1 h
at 25 ◦C. The mixture was analyzed with UPLC. For stability assay, a stock of the tested compound
(100 mg/mL in dimethyl sulfoxide) was diluted 100-fold to a concentration of 1 mg/mL in 50 mM of Tris
buffer at pH 8.0. Then, samples were taken out for the UPLC analysis at the determined interval times.

4.7. Determination of Anti-Inflammatory Activity

The murine macrophage RAW 264.7 cell line was maintained in Dulbecco’s Modified Eagle Medium
(DMEM) supplemented with 10% fetal bovine serum (FBS), 100 μg/L streptomycin, and 100 IU/mL
penicillin at 37 ◦C in a 5% CO2 atmosphere. The RAW 264.7 cells were seeded at a density of 5 × 105

cells/well in 24-well plates, and incubated for 12 h at 37 ◦C and 5% CO2. Different concentrations of the
tested isoflavones were added. After 1-h treatment, the cells were stimulated with 100 ng/mL of LPS
for 24 h. Culture supernatants (equal volumes) were mixed with Greiss reagent at room temperature
for 10 min, and then the absorbance was measured at the wavelength 540 nm using a microplate reader
(Sunrise, Tecan, Männedorf, Switzerland), as described previously [15]. This analysis was performed in
tetraplicate. Relative inhibition of NO production was calculated with the equation: Relative inhibition
(%) = [(OD570 with LPS only–OD570 with both LPS and isoflavones)/(OD570 with LPS only–OD570

without LPS or isoflavone)] × 100%. An IC50 value means a concentration of the drug that exhibited
50% of inhibition.

5. Conclusions

8-OHDe-7-α-glucoside is successfully produced from O-glucosylation of 8-OHDe with
recombinant DgAS of Deinococcus geothermalis with a cheap and abundant renewable substrate,
sucrose, as a sugar donor. The isoflavone glucoside is more soluble and stable than those of 8-OHDe in
working buffers. The long half-life of 8-OHDe-7-α-glucoside maintains moderate anti-inflammatory
activity, and could be used for industrial applications in the future.

Supplementary Materials: The following are available online at http://www.mdpi.com/1420-3049/24/12/2236/s1,
Table S1. nmR spectroscopic data for compound (1) (in DMSO-d6; 700 MHz); Figure S1. The 1H-NMR (700 MHz,
DMSO-d6) spectrum of compound (1); Figure S2. The 13C-NMR (176 MHz, DMSO-d6) spectrum of compound (1);
Figure S3. The DEPT-90 and DEPT-135 (176 MHz, DMSO-d6) spectra of compound (1); Figure S4. The HSQC (700
MHz, DMSO-d6) spectrum of compound (1); Figure S5. The HMBC (700 MHz, DMSO-d6) spectrum of compound
(1); Figure S6. The H-H COSY (700 MHz, DMSO-d6) spectrum of compound (1); Figure S7. The H-H NOESY (700
MHz, DMSO-d6) spectrum of compound (1); Figure S8. The key HMBC (blue arrows) and NOESY (pink arrow)
correlations of compound (1).
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Abstract: Halogens can be very important for active agents as vital parts of their binding mode,
on the one hand, but are on the other hand instrumental in the synthesis of most active agents.
However, the primary halogenating compound is molecular chlorine which has two major drawbacks,
high energy consumption and hazardous handling. Nature bypassed molecular halogens and evolved
at least six halogenating enzymes: Three kind of haloperoxidases, flavin-dependent halogenases as
well as α-ketoglutarate and S-adenosylmethionine (SAM)-dependent halogenases. This review shows
what is known today on these enzymes in terms of biocatalytic usage. The reader may understand
this review as a plea for the usage of halogenating enzymes for fine chemical syntheses, but there
are many steps to take until halogenating enzymes are reliable, flexible, and sustainable catalysts
for halogenation.

Keywords: bromination; chlorination; pharmaceuticals; active agent synthesis; biocatalysis;
haloperoxidase; halogenase

1. Still Up-to-Date—Halogens in Active Agents

For the discovery of new active agents, synthetic chemists frequently look into natural compounds
and deduce lead structures and functionalities for the assembly of active agent libraries. Although most
natural compounds are not halogenated, halogenation is spread over virtually all classes of secondary
metabolites. Most of the halogenated natural compounds are of marine origin, while some are found
in plants and insects as well [1]. Halogens appear in some form in 40% of all drugs being tested
in clinical trials [2–4]. In addition to the fact that halogenations are an important structural motifs
in natural substances and thus also in the resulting active substances, halogenations play a major
role in the synthesis of many active substances. In the following, we want to figure out what is so
special about the simple halogen moieties within molecules and reactions that make them so desirable,
although the synthesis is very energy-demanding and carried out with toxic molecular halogens such
as chlorine gas. In the second half of this review article we would like to show how nature realizes
halogenations enzymatically and where we stand technologically to employ them as tools. In recent
years, these enzymes have become even more prominent and the various scientific advances in this field
have already been presented several times in an overview. These reviews also provide an up-to-date
overview of the different enzymes, their substrate scope and biotechnological developments as well as
the diversity of halo-compounds from all kingdoms of life [5–14]. The aim of this review is—among
other things—to include a further point of view. In addition to the accurate arguments on the toxicity of
elemental halogens and the cost-effectiveness of halide salts, a closer look at the actual costs of chlorine
gas production was included, as well as a clear presentation that chemical halogenating reagents are all
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based on the provision of these halogen gases. In addition, the most recent achievements for industrial
applications e.g., by up-scaling processes, but also the distribution of these enzymes, as well as the
break with assumed dogmas, such as conserved structural motifs, were taken into account.

1.1. Electronical Properties of Halogen Moieties

The presence of a halogen (Cl, Br, I) usually increases the bulkiness of a compound, blocking
for instance active site pockets or increases membrane permeability, relevant for oral absorption, and
blood–brain barrier permeability. Besides their bulkiness, halogens exhibit extraordinary effects on
the polarization of a compound. On the one hand, the halogens of the upper periods (F, Cl, Br) have a
large electronegativity, which leads to a considerable latent polarization in the molecule (see Figure 1A).
On the other hand, the polarizability increases with increasing period, so that interactions with soft
nucleophiles or electrophiles in particular are promoted (see Figure 1B). Although the latent polarization
is depicted in Figure 1A as a homogeneous gradient the model must be refined. Due to the p-orbital
architecture there is a hole in the electron density opposing the binding partner of the halogen which is
called the σ-hole (Figure 1C). Considering this σ-hole, it offers the option to interact with heteroatoms
(O, S, N) by so-called halogen bonds as well as hydrogen bonds [15]. The ability to form halogen bonds
has been the focus of several pharmacologically-oriented groups in the past years, as it can serve as
an alternative non-covalent interaction between atoms (see Figure 1). For a detailed insight into the
nature and characteristics of halogen bonds, as well as their possible impact on drug discovery in the
future, see the corresponding articles [4,15–19]. The importance of halogens for biological activity of
compounds can be profound. Vancomycin (1, Figure 2), an antibiotic, was shown to exhibit 30% to 50%
less activity, based on the chlorine substituents missing, which is remarkable considering how small the
portion of the halogens with respect to the entire vancomycin molecule is [20].

Figure 1. Schematic representation of electron distribution in halogens. (A): Latent polarization of a
carbon-halogen bond. (B): Polarizability of large halogens (Br, I) bonded with a carbon. The external
electrical field, for example, caused by an approaching electrophile/nucleophile leads to the distortion
of the electron density. (C): Schematic view on the “σ-hole”. The electron density is drawn to the
carbon-halogen bond, with the strength gradually increasing with the size of the halogen (I > Br > Cl
>> F). This anisotropic distribution of electrons in the outer orbitals of the halogen creates an area
of higher electron density around the belt of the halogen, allowing interaction with electrophiles or
H-bonds. Orthogonal to the direction of the bond is an area of electron deficiency, creating a partially
positively charged area in the halogen, allowing for nucleophilic attacks, commonly called “σ-hole”.

In terms of drug discovery, halogen substituents are regularly found in promising drug candidates
with 35% in the discovery stage, while they appear in 36% of the candidates in clinical phase II and
26% in the drugs launched into the market (data from 2014) [16]. This trend shows that halogens play
an important role in the field of drug design and discovery, and usually find their way to the final
product assigned for treatment. In the following paragraphs, relevant halogens and some associated
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drug candidates containing halogen atoms will be discussed regarding their characteristic effects
on bioactivity.

Figure 2. Examples for halogenated active agents.

The most prominent halogen introduced into active agents is fluorine with 57% [3]. Due to its
similar size compared to hydrogen and the extreme electronegativity, C–F bonds are polarized in
a distinctive manner and render fluorine a weak halogen bond acceptor in contrast to be a good
hydrogen-bond acceptor [21,22]. The covalent fluorine bond is very strong (456 kJ/mol for CF4),
so that these bonds can only be cleaved under extreme and costly conditions in the body, if at all [23].
This increases the half time of active agents within the body (and environment) compared to their
non-fluorinated pendants. Besides the electronic effects of fluorine within a molecule, fluorine also
provides stereochemical properties which is summarized as fluorine gauche effect. Briefly, it can be
described as a non-bonding weak interaction of the fluorine orbitals and other interacting partners.
This reduces the degrees of freedom in rotation and this determines the conformation of a particular
fluorinated molecule or guides reaction pathways. A review concerning this topic can be found in
reference [24]. Apart from altering molecular characteristics, 18F is used as a common radioactive
isotope label for in vivo study of protein function and enzyme catalysis [25]. Of all halogenated active
agents, ledipasvir (2, see Figure 2) is one of the top-selling drugs, administered for the treatment of
hepatitis C. Another important compound is dacomitinib (3), a single-fluorinated drug, which has
been in clinical trials for the treatment of non-small-cell lung cancer [26].

Chlorine is the second prevalent halogen with 38% in halogenated drugs. Due to its increased
size, it is a moderate halogen bond acceptor, while still being stable when being introduced into a
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carbon bond (327 kJ/mol for CCl4) [23]. Its presence in a compound alters volume and shape, allowing
for positioning in deep cavities within proteins. These characteristics make it an interesting option for
the functionalization of heterocycles. One of the most prominent chlorine-based natural compounds is
rebeccamycin (4), a weak topoisomerase I inhibitor, which showed significant antitumor properties [27].

Brominated compounds are rarely found in drugs, making up only 4% of all halogenated
compounds. This seems contradictory at first, as most halogenated compounds originate from marine
organisms and are brominated despite chlorine being the more abundant halogen in water. Due to the
lower polarization of the carbon-bromine bond and the extended bulkiness, bromine usually forms
longer and thereby more labile bonds, not suitable for most drug candidates for a proper inhibition
(272 kJ/mol for CBr4) [23]. These characteristics however allow an easier oxidation of bromine and
consequently an easier incorporation into molecules, compared to chlorine. Although there is a
prevalence of chlorinated and fluorinated active agents in pharmacology, some brominated compounds
are known to display relevant bioactivity like eudistomin K (5), viable for the treatment of polio and
herpes [28].

Iodine is the rarest halogen used (1%), commonly exploited for the synthesis of the active agents.
Having a higher size and lower electronegativity, its bonds formed with carbon atoms are more labile
than those of bromine, being easily cleaved off. Iodine is, therefore, preferably suitable for short-lived
applications. An example of the use of iodine in medicine is radioactively labelled 124I in positron
emission tomography (PET) as a tracer [29].

1.2. Halogens as Synthetic Tools

Both, bromine and iodine, are rare as functional moieties in active agents due to their labile
covalent bonds. But it is precisely these properties that make halogens of higher periods valuable
instruments for the synthesis of active substances.

A patent application for the production of hypohalous acids was applied for in 1944. C. C.
Crawford and T. W. Evans described a process to obtain halide-free solutions of hypochlorous acid.
This halogenating reagents were used in industrial applications to produce e.g., halohydrins from
unsaturated organic compounds [30]. In 1993 another patent to produce concentrated slurries of sodium
hypochlorite [35% (w/v)] was accepted [31]. They describe a process for highly pure hypochlorite
slurry production. All the processes have the same starting materials in common. The first step is the
solvation of molecular chlorine in water to get hypohalous acid (6) or the solution of sodium hydroxide
and chlorine in water to end up with sodium hypochlorite. However, contaminations of sodium
chloride and remaining sodium hydroxide occur in most processes that are carried out in industrial
scale. The chlorine is hereby acquired by the chloralkali process where the electrolysis of sodium
chloride produces molecular chlorine gas. Similar processes are state-of-the-art for the production
of sodium bromate, which has the drawback of being a strong oxidizing agent [32,33], but can be
used for the bromination of aromatic compounds [34]. The production of stable hypobromous acid is
rather difficult because it easily oxidizes to bromate. Here, the production is carried out starting from
hypochlorous acid or a modified chlorite [35].

More common halogenating agents are N-bromo-succinimide (NBS) and N-chloro-succinimide
(NCS). Interestingly, even these reagents are synthesized from molecular halogens or hypohalous
acids [36]. As a conclusion, it is now rather obvious, that all halogenating reagents have their origin in
molecular halogen gases that are produced by cost-intensive procedures like halogen alkali electrolysis
from halide salts (Figure 3).
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Figure 3. Workflow for the provision of halogenating reagents from alkali salts. The electrolysis process
thus produces molecular halogens (X2), as well as hypohalous acids (HOX, 6) and N-halogenated
succinimides (NXS, 8) in further steps.

Having these halogenated building blocks at hand, further synthetic steps can follow to build up
active agents. Not only in academia but also in industry, the synthetic tool in terms of cross-coupling
reactions is one of the most common C–C- and C–Y bond formations (Y is in this case N, O, S). With the
use of different transition metals and activated carbon components, it is possible to generate large
bioactive natural products and their derivatives. One prominent example is the use of palladium for
the selective preparation of arenes and heterocyclic scaffolds with different substitution patterns [37].
However, also non-noble transition metals like copper [38], nickel [39], and nowadays even iron [40–42]
are firmly anchored as suitable catalysts. Besides the high chemoselectivity, a profound functional
group tolerance is a main advantage of these kind of reactions. Therefore, it is not surprising that
industry has established approaches to produce pharmaceuticals and fine chemicals at the kilogram
scale [43,44]. The following Figure 4 gives an overview of the most popular metal catalyzed named
reactions, that slightly differ in their reactive moieties for both products or starting materials [37,45–48].
However, the catalytic cycle and thereby the reaction mechanism is very similar for all (Figure 5).
Finally, conversions such as the Appel reaction and the Hell-Volhard-Zelinsky reaction, in which functional
groups such as alcohols are converted to haloalkanes or carboxylic acids that become acid chlorides,
must also be mentioned here.
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Figure 4. Most common reactions in organic synthesis exploiting halogen moieties. [37,45–48] Besides
organolithium reactions as well as Grignard/Barbier reactions all of them are Pd-based, but can in many
cases be substituted by other transition metals such as nickel.
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Figure 5. Scheme of the steps in cross-coupling reactions. After oxidative addition of the organo-halogen
species, the transmetalation occurs. The ligands start rearrange before reductive elimination to the final
product is carried out and the catalyst is regenerated.

1.3. Halogen Chemistry is Energy-Demanding

It is estimated that about 55% of chemical and 85% of pharmaceutical end products were
processed with key components derived from the chloralkali electrolysis process [49,50]. These include
hydrochloric acid to adjust the pH, or chlorinated solvents as part of the synthesis and subsequent
isolation. However, this results in the production of the active compounds under hazardous conditions
and high costs, due to toxic waste management. Using enzymes to halogenate pharmaceutical active
compounds in a mild way and with a high efficiency is certainly a desirable aim for a greener chemistry.
In general, the production and further processing of chlorine is mostly performed in the very same
geographical region or facility in order to avoid the transportation of toxic and dangerous intermediates.
This was reported for German companies and, presumably, this is also the case for other countries.
The key component for halogenation (chlorine) is produced by electrolysis and is one of the most
energy-consuming processes in the chemical industry. The process is responsible for about 2% of the
total energy consumption yielding 5 million tons per year of chlorine in Germany [50,51]. Obviously, the
energy reduction is an objective of the chloralkali industry, since 50% to 60% of the production costs is
spend for the electrical energy [52].

2. Halogenating Enzymes

Although halogenated natural compounds are rare and only found within the regime of secondary
metabolism, at least six types of halogenating enzymes were evolved. Many were evolved from
monooxygenases, since hypohalous acids are the core intermediate of catalysis in these halogenating
enzymes. As diverse the origins of halogenating enzymes are as diverse is their classification.
In Figure 6 we tried to give an overview on the categories of halogenating enzymes. Although often
used synonymously, it can be differentiated between haloperoxidases and halogenases. The first
group forms hypohalous acid from the respective halide and hydrogen peroxide via heme-iron-,
vanadium-coenzymes, or even without any coenzyme. The hypohalous acid is set free for most
of the enzymes and the very halogenation reaction takes place outside the active site. In contrast,
the halogenases generate or simply use halonium species for the halogenation without the use of
hydrogen peroxide.

19



Molecules 2019, 24, 4008

Figure 6. Overview on the categorization of halogenating enzymes.

Haloperoxidases

Haloperoxidases were the first group of halogenating enzymes discovered in the past. Enzymes of
this family catalyze the oxidation of a halide anion (X−) in presence of hydrogen peroxide to an
oxidized halide form, usually believed to be the corresponding hypohalous acid. The class is further
subdivided into three subclasses, the heme-iron-dependent, vanadium-dependent, and metal-free
haloperoxidases or perhydrolases. In the following section, each class will be discussed briefly with
biocatalytic examples, if they are known.

3. Heme-Iron-Dependent Haloperoxidases

The heme-iron-dependent haloperoxidases were the first and most intensively studied
haloperoxidases. Back in the 1960s, an enzyme from the fungus Caldariomyces fumago (Leptomyxes
fumago) was shown to be responsible for the halogenation of 1,3-cyclopentadion to the natural
compound caldariomycin (9) [53]. Upon further investigation, it could be shown that it contained a
heme-prosthetic group tethered to the enzyme by a distal cysteine ligand, very similar to the P450
monooxygenases [54].

The catalytic cycle (Figure 7) displays a key intermediate, the FeIV-oxo-species, to oxidize chlorine
to hypochlorite, which is released and may be attacked by an electron-rich substrate serving as an
electrophile. In presence of excess hydrogen peroxide, this complex can alternatively decompose to
molecular oxygen and chloride.
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Figure 7. Proposed catalytic cycle of heme-iron-dependent haloperoxidases, shown on the example
of CPO from C. fumago. In the resting state (3 o’ clock), water is bound to the heme-iron, which is
subsequently replaced by hydrogen peroxide. After protonation of this complex by a catalytic glutamate
(Glu183), water is eliminated, creating the actual active species, the Fe(IV)-oxo complex. A halide, in
this case chloride, binds to the Fe(IV)-oxo species and is released as hypochloric acid, regenerating the
heme-site by hydrolysis with water. Alternatively, another molecule hydrogen peroxide may attack,
leading to the disproportion of the complex to molecular oxygen, water, and chloride [54,55].

As the enzyme resembled characteristics from peroxidases as well as monooxygenases, it was
classified as a heme-iron-dependent haloperoxidase and due to its ability to oxidize all halides besides
fluorine was named chloroperoxidase. Recently it was revealed that actually two Cf -cpo genes within
the C. fumago genome exist, sharing a high sequence identity and both being present in the secreted
supernatant of its host [56]. Since its discovery, the enzyme was target of many mechanistic and
biocatalytic studies. To much surprise, the formed hypohalous acid does not leave the active site freely,
but is held back by amino acids placed in the halide entrance tunnel of Cf -CPO, allowing for regio- and
enantioselectivity to a certain degree, mainly depending on the nature of the substrate [57]. Its major
drawback, however, was the oxidative inactivation every heme-iron-containing protein suffers after
exposure to oxygen as well as a high sensitivity for high hydrogen peroxide concentrations. As the
genetic modification of the fungus can prove tedious, the application of this enzyme in biocatalysis
might seem limited, however due to the fruitful work of Pickard et al., protocols are available for a
reasonable production and secretion of the enzyme in the native host, C. fumago [58].

As a catalyst, Cf -CPO was shown to be rather robust und allow a variety of different organic
transformations, where some are not always bound to a halogenating step. It could be applied in cascade
reactions with oxidases leading to halocyclization reactions of allenes (10) and even be immobilized for
(semi-)continuous-flow bioreactors [59–61] (see Figure 8). It was used for the halogenation of phenolic
monoterpenes like thymol (12) and carvacrol, excelling with drastically lower catalyst loadings (by five
orders of magnitude) compared to chemical alternatives like CuII-catalysis [59]. Furthermore, it was
shown to be capable of halogenating trans-cinnamic acid and other unsaturated carboxylic acids,
as well as catalyze enantioselective epoxidation of alkenes [62,63]. One bottleneck observed was the
low substrate loading, impairing possible preparative applicability.
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Figure 8. Example reactions of Cf-CPO involved in biocatalytic conversions of organic molecules
(A): Cyclization of allenes (10) to the product 11 induced by halogenation with Br− by Cf-CPO. (B):
Unselective chlorination of thymol (12) by Cf-CPO.

Besides chloroperoxidase from C. fumago, not many members of this subclass have been dealt
with. The bromoperoxidases from Pseudomonas aureofaciens and Penicillus capitatus are other examples
of such heme-iron-dependent enzymes [64,65]. However, beside classic characterization experiments,
revealing similar properties to Cf -CPO such as high thermal stability and sensitivity to high hydrogen
peroxide concentrations, no complex biotransformations were investigated with these enzymes,
yet (see Table 1) [66].

Table 1. Enzymological properties of heme-dependent haloperoxidases (* original host).

Enzyme
Expression Kinetic

Parameters
Substrates

Host Yield [mg/L]

Cf -CPO
C. fumago * 430

[67] 0.78 mm h−1

[59]
aromatic,
alkenes

E. coli BL21(DE3) n.a.
[68]

Aspergillus niger 10
[68]

BPO
Pseudomonas aureofaciens

[65] n.a. n.a.
partial

diastereo-selectivity
[69]

aromatic,
N-hetero-cycles,

alkenesPenicillus capitatus
[64,65] n.a.

4. Vanadium-Dependent Haloperoxidases

For several years after the discovery of heme-iron-dependent haloperoxidases, it was assumed
that they are the only enzymes able to oxidize halides for the subsequent halogenation reaction.
However, a new halogenating enzyme class was discovered in 1993 by van Schijndel et al.
from Curvularia inaequalis using ortho-vanadate cofactor for the oxidation of halides [70,71].
Just two years later, a vanadate-dependent homolog from Corallina officinalis was crystallized [72].
These vanadium-dependent haloperoxidases became a popular research target as they were shown to
exhibit high turnover numbers without suffering an oxidative inactivation and displaying a higher
tolerance against hydrogen peroxide [73], In contrast to the heme-iron-dependent ones, however, they
usually do not retain the formed hypohalous acid within the active site, leading to a freely diffusible
strong oxidant. Resulting from this mechanistic aspect, random halogenations occur, even in the
protein itself, leading to its destabilization and inactivation. Because of this free hypohalous species,
the selectivity of the subsequent halogenation reaction is independent of the enzyme but from the
electronic properties of the substrate. Most of the vanadium-dependent haloperoxidases originate
from marine fungi and marine macroalgae (seaweeds) [74].

It is proposed that the catalytic cycle (Figure 9) forms a VV-peroxo-species as the key intermediate,
where the halide is added and subsequently hydrolyzed to hypohalous acid. Identically to

22



Molecules 2019, 24, 4008

heme-iron-dependent haloperoxidases, the presence of hydrogen peroxide may lead to the disproportion
to singlet oxygen and the halide [55].

 

disproportion-
pathway

productive
pathway

Figure 9. Proposed catalytic cycle of vanadium-dependent haloperoxidases. In its resting state (3 ‘o
clock), vanadium contains four oxygen ligands, while the free coordination site is occupied by a catalytic
histidine residue, resulting in a dative bond. In presence of hydrogen peroxide, a hydroxyl group is
substituted by peroxide. Upon elimination of a hydroxide ion, a cycloperoxo-species is generated, which is
stabilized by a catalytic lysine residue. This cyclic intermediate is opened by addition of a halide, in this
case bromide, which can then be hydrolyzed by water, leading to the release of hypobromic acid, or in
presence of another hydrogen peroxide molecule, be disproportioned to molecular oxygen and bromide.
During catalysis, the vanadium does not alter its oxidation state (V) [55].

One of the best-investigated representatives of this class is the vanadium-dependent
chloroperoxidase from the phytopathogenic fungus Curvularia inaequalis [70,71,75–77]. Even in
absence of the vanadium-cofactor, the enzyme is stable in its apo-form and can easily be transformed to
the holo-form by external addition of ortho-vanadate [70]. Although the gene can be heterologously
expressed in E. coli and activated with vanadate, it was reported that the amount of enzyme obtained
was very low. As an alternative, Saccharomyces cerevisiae was used as a host, yielding 100 mg/l
apo-enzyme [75]. Kinetic experiments lead to a kcat/KM of 2.6 × 106 m−1 s−1 for hydrogen peroxide and
5.1 × 107 m−1 s−1 for bromide at pH 4.2, the optimal pH for bromoperoxidase activity [75].

It showed stability at high temperatures (TM of 90 ◦C) and tolerance against organic solvents
like methanol, ethanol, and propan-2-ol (up to 40% v/v) [71]. Ci-VClPO was used as a hypohalogenite
catalyst for the halogenation of phenols like thymol, while showing excellent stability towards hydrogen
peroxide and organic solvents like methanol and ethyl acetate [76]. Furthermore, it was used for the
mediation of (Aza-)Achmatowicz reactions in combination with cascades [78] and halofunctionalization
reactions of aromatic and aliphatic alkenes like styrene and hexanol [77,79] (see Figure 10).
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Figure 10. (A): (Aza-)Achmatowicz reaction transforming the furan 15 to the Michael-system [78] 14.
(B): Halofunctionalization of styrene (16) [77,79].

In contrast to the usually scarce selection of vanadium-dependent chloroperoxidases, many
representatives of bromoperoxidases were researched in the past. One of the most prominent members
of this group is the VBrPO from Corralina officinalis, a marine red algae. Similarly to the homolog from
C. inaequalis, it excels with a high stability towards high temperatures up to 90 ◦C and in presence
of organic solvents like ethanol, propanol, and acetone (up to 40% v/v) [72]. However, recombinant
expression of the gene in E. coli BL21(DE3) proved difficult, as the amount of protein formed is high,
but insoluble. Coupe et al. notably showed that by using a refolding procedure, 40 mg/L of active
enzyme can be retrieved after expression and isolation [80].

The haloperoxidase was shown to accept a variety of substrates, like nitrogen-containing
heterocycles, cyclic β-diketones, phenol, o-hydroxybenzyl alcohols, anisole (19), 1-methoxynaphthalene
and thiophene in addition to alkene halogenations with styrene (16), cyclohexene (22) among others to
yield various bromohydrins [81] (see Figure 11 and Table 2).

In most of the cases, no diastereoselectivity for the bromohydrin formation could be
observed, except for the formation of bromohydrin from (E)-4-phenyl-buten-2-ol (24) [69].
Besides bromination reactions, haloperoxidases like the Co-VBrPO are able to catalyze sulfoxidations
with 2,3-dihydrobenzothiopene (26), as well [82].

Table 2. Enzymological properties of vanadium-dependent haloperoxidases.

Enzyme
Expression Kinetic

Parameters
Substrates

Host Yield [mg/L]

Ci-VClPO
C. inaequalis 10 [70]

5.1 × 107 M−1 s−1

for Br− [75]
aromatic,
alkenesE. coli BL21(DE3) 15 [76]

S. cerevisiae 100 [75]

Co-VBrPO C. officinalis 200 U/mg for MCD
[83]

aromatic,
N-hetero-cycles,

alkenesE. coli BL21(DE3)
(insoluble) 40
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Figure 11. Selected reactions performed by the Co-VBrPO to illustrate the reaction spectrum [81].

5. Metal-Free Haloperoxidases/Perhydrolases

Although oxidative halogenation reactions are dominated by (transition) metal catalysis in nature, a
group of enzymes was identified catalyzing halogenation without any metal cofactor. These metal-free
haloperoxidases or perhydrolases were found to require hydrogen peroxide and halides as well,
while forming percarboxylic acids from carboxylic acids using a catalytic triad of serine, histidine,
and aspartate [84,85]. Their striking resemblance to lipases has initiated a general debate over the
nature of these enzymes, as their characteristics resemble hydrolases with a halogenating sub-activity.
This has led to controversies whether the metal-free haloperoxidases are not simply lipase-like enzymes
moonshining as haloperoxidases. In fact, several lipases were tested positively for haloperoxidase
activity despite low turnover numbers [81].

The key-step in catalysis is the formation of a peroxo-acid from a carboxylic acid by hydrogen
peroxide, which subsequently forms an acylhypohalide acting as the halogenating agent (Figure 12) [86].

Many examples for metal-free HPOs in biotransformations are not known. The majority of
investigations of this enzyme class were focused on determining and expanding the tolerance of these
enzymes to organic solvents and temperatures. One recent example of a bioorganic application was
the halogenation of nucleobases and analogues [87] (see Figure 13).
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Figure 12. Proposed catalytic cycle of metal-free haloperoxidases/perhydrolases. This mechanism was
compiled from several sources [81,85]. The catalytic cycle is adopted from the common hydrolase
catalysis encountered in lipases and esterases, for instance. In presence of a carboxylic acid, in
this case acetic acid, an ester is formed with the catalytic serin residue upon elimination of water
(3 ‘o clock). In presence of hydrogen peroxide, the ester is cleaved, forming a percarboxylic acid. In the
following step, a halide binds to the peroxoacid, which is hydrolyzed to the hypohalous acid, while the
characteristic Ser-His-Asp triad is already regenerated.

Figure 13. Halogenation of indole (28) nucleobase analogs according to Lewkowicz and co-workers [87].
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5.1. Flavin-Dependent Halogenases

In addition to the long-known haloperoxidases, another class of enzymes has aroused much
interest. It is suspected that flavin-dependent halogenases (FHals, Fl-Hals, or FDHs) evolved from
monooxygenases that require flavin cofactors as well and, therefore, belong to the superfamily of
flavin-dependent monooxygenases [88,89].

According to what is known so far, there are three natural target structures that can be addressed by
FHals. The most studied and best understood group are the flavin-dependent tryptophan halogenases.
In nature, there is the possibility to halogenate every position of the indole ring. Similar to this structure
there is the group of flavin-dependent pyrrole halogenases and finally the flavin-dependent phenol
halogenases (see Figure 14) [8]. The fact, that each and every position can be addressed by an individual
enzyme demonstrates that FHals are selective halogenating catalysts in contrast to the majority of
haloperoxidases. FHals must be differentiated according to the accessibility of their substrates. While a
large number of these halogenases are involved in biosynthesis clusters of polyketides (PKS) and
non-ribosomal protein synthesis (NRPS), some, such as tryptophan halogenases, can convert freely
diffusible substrates and are not dependent on carrier proteins that activate or merely tether the
substrate (Figure 14) [13].

For the application of this enzyme group, it is important to keep in mind that they need at least
a two-component electron transport chain and therefore require a suitable flavin reductase [90–92].
In addition to the reductases that naturally belong to the biosynthesis clusters e.g., PrnF [93], applications
with other reductases such as SsuE [91,94,95] or Fre [96,97] from E. coli have also been reported. To
avoid the necessity of a second enzyme—the flavin reductase—or even a third enzyme for cofactor
recycling, photochemical approaches are in the focus of current research in this field as well [98].

Figure 14. Regioselectivity of flavin-dependent halogenases and their dependency on carrier
proteins. * Natural products with halogenations are known, but so far, no enzyme is characterized.
ˆ This tryptophan halogenase is one of the few examples that is carrier protein-dependent [99].

Figure 14 shows some representatives for the halogenation of the different positions of the different
substrates (indoles [92,95,100–102], pyrroles [103] and phenols [104–107]), each with reference to the
halogenating enzyme, the dependence on carrier proteins and the corresponding publication [108].
The halogenation of position four of indoles, as for example in 4-chloroindole-3-acetic acid, is known to
date only from plants (Pisum sativum, Lens culinaris, Vicia sp., and in particular Vicia faba), as a growth
hormone but no enzyme has yet been characterized responsible for its formation [7]. The publications
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e.g., by Shepherd et al., the review of Latham et al. and other publications also show various mutants
that led to changes in regioselectivity and substrate scope [8,96,100,109,110].

A lot of these enzymes that are dependent on carrier proteins produce well-known secondary
metabolites like rebeccamycin (4) and vancomycin (1) but also a plethora of less investigated biosynthetic
pathways [133]. The most important difference in the mechanism between flavin-dependent
monooxygenases and halogenases is the conserved motif of two tryptophanes, one isoleucine
and proline. This 10 Å long tunnel [89], first found in PrnA, serves to spatially separate
the activated peroxy-flavin FAD(C4α)–OOH from the substrate binding site and thus prevents
oxygenation [114,116,128]. After generating the hypohalides, a conserved lysine transfers the
electrophilic chlorine as chloramine from the former peroxy-flavin to the substrate (Figure 15) [134].

 
Figure 15. Catalytic cycle of halogenation by flavin-dependent halogenases [96,115].

For the phenol halogenase the mechanism is proposed to be slightly altered. The phenolic
hydroxyl group is deprotonated by an aspartate within the active site increasing the nucleophilicity of
the enol α-carbon [130]. Based on these conserved motifs and the assumed reaction mechanism some
putative halogenases have already been found and annotated. Recently even a viral halogenase VirX1
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from cyanophages was discovered, which is the first FHal capable of in vitro iodination and stands out
due to its broad substrate spectrum and preferred iodination [135].

Although the community has so far agreed that the preserved motif of separation tunnel and anchor
lysine seems to be essential for the activity, current research shows a further class of flavin-dependent
halogenases which lack these structural elements completely. One of these examples is the halogenase
KerK that is under investigation by Piel and coworkers but has not yet been published except as a
poster presentation on Biotrans 2019 in Groningen, the Netherlands [136].

In addition to the advantages of high regioselectivity and thus only few by-products, there are also
some disadvantages in the use of this enzyme group. The low conversion rates speak against large-scale
application and expression problems often occur. Many of the proteins produced in E. coli BL21(DE3)
end up in the insoluble fraction as inclusion bodies. To deal with this issue, strains with co-expression
of chaperones are used regularly (Table 3). The overall stability of these proteins also needs further
optimization to be applicable in biocatalysis. As a promising result Kemker et al. the tryptophan
halogenases were successfully scaled up in terms of a biocatalytic process employing immobilizing the
enzymes by cross-linked enzyme aggregates (CLEAs). This yielded l-7-bromotryptophan on the gram
scale [137].

Table 3. Examples of flavin-dependent tryptophan, pyrrole and phenol halogenases that can be
carrier-dependent or independent.

Enzyme Origin
Heterologous Expression

Host 1 Product Miscellaneous

PrnA
[96]

Pseudomonas
fluorescens BL915 E. coli ArcticExpress (DE3)

RebH
[92]

Lechevalieria
aerocolonigenes

strain 39243
E. coli BL21(DE3)

KtzQ
[110] Kutzneria sp. 744

KtzR
[110] Kutzneria sp. 744

CmdE
[111]

Chondromyces
crocatus Cm c5

Post-NRPS
(non-ribosomal

peptides)

SSTH
[101]

Streptomyces
toxytricini NRRL

15443

E. coli BL21 CodonPlus
(DE3)-RIL

Thal
[112]

Streptomyces
albogriseolus

P. fluorescens
BL915 DORF1 and P.

chlororaphis ACN
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Table 3. Cont.

Enzyme Origin
Heterologous Expression

Host 1 Product Miscellaneous

MibH
[99,113]

Microbispora
coralline NRRL

30420
NRPS-dependent

PyrH
[96,114]

Streptomyces
rugosporus
LL-42D005

E. coli ArcticExpress (DE3);
Pseudomonas fluorescens

BL915 ΔORF1

Xcc-B
B100XXXX

[115]

Xanthomonas
campestris pv.

campestris strain
B100

E. coli BL21(DE3) with pGro7
plasmid

(Takara) for chaperone
co-expression

Various substituted
indoles and thereby

differing
regio-selectivity

BrvH
[116]

Brevundimonas
BAL3

E. coli BL21(DE3) with pGro7
plasmid

(Takara) for chaperone
co-expression

PrnC
[93,117]

Pseudomonas
fluorescens BL915

Chl
[118]

Streptomyces
aureofaciens

ChlA
[105]

Dictyostelium
discoideum

PltA
[119]

Pseudomonas
fluorescens Pf-5 E. coli BL21(DE3)

Pyr29
[120]

Actinosporangium
vitaminophilum

ATCC 31673 and
Streptomyces sp.
Strain UC 11065

Arm21
[121]

Streptomyces
armeniacus

CrpH
[104] Nostoc Cyanobionts NRPS-dependent

BhaA
[122,123]

Amycolatopsis
mediterranei
DSM5908

balhimycin

SgcC3
[124]

Streptomyces
globisporus

E. coli BL21(DE3)
pET-30Xa/LIC
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Table 3. Cont.

Enzyme Origin
Heterologous Expression

Host 1 Product Miscellaneous

HalB
[125]

Actinoplanes sp.
ATCC 33002

Pseudomonas aureofaciens
ACN

PltM
[126]

Pseudomonas
fluorescens Pf-5 E. coli BL21 (DE3)

Bmp5
[106]

Pseudoalteromonas
luteoviolacea

Bmp2
[127]

Pseudoalteromonas
luteoviolacea NRPS-dependent

(PltD)
[13]

Pseudomonas
fluorescens Pf-5 n.a. Not clear if FHal

CmlS
[128]

Streptomyces
venezuelae

Flavin covalently
bound to aspartate

via CH3-Group

CndH
[129]

Chondromyces
crocatus NRPS-dependent

RadH
[107,130]

Chaetomium
chiversii E. coli Rosetta 2(DE3) monocillin II

Rdc2
[107,131]

Pochonia
chlamydosporia

S. cerevisiae
strain BJ5464-Npg
E. coli BL21(DE3)

monocillin II

TiaM
[132]

Dactylosporangium
aurantiacum NRRL

18085
E. coli BL21(DE3) tiacumicin B

intermediate NRPS-dependent

1 if not stated otherwise, the expression took place in the origin host.

5.2. α-Ketoglutarate-Dependent Halogenases

Table 4 shows different natural products that are formed by the iron(II)-α-ketoglutarate-dependent
(Fe/αKG)-halogenases. Despite the huge variety in the product structures they share one common
feature, which is the halogen at a sp3-carbon centre. Hence, the Fe/αKG-halogenase is not
limited to nucleophilic substrates like the previous described enzymes. They belong to the
Fe/αKG-dependent oxygenase superfamily. The superfamily is known for different transformations
such as hydroxylation [138], halogenation [139], desaturation [140], or can be used for the production
of ethylene [141]. They all share a structurally conserved metal-binding motif, which in the case of the
halogenase developed an active centre that is eventually able to bind a haloge n [139]. The proposed
catalytic mechanism of Fe(II)/α-KG-dependent-halogenase is illustrated in Figure 16.
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Table 4. Examples of heterologously expressed Fe(II)/αKG-dependent halogenases.

Enzyme
Origin/Expression Host

and Yield
Features Product/Biosynthesis

SyrB2
[139]

Pseudomonas syringae pv.
syringae B301D/

E. coli strain B834(DE3)
[139]
n.a.

total turnover: 7 ± 2
[144]

4-chloro-l-threonine/
syringomycin E

CytC3
[145]

Streptomyces sp./
E. coli BL21(DE3)

[146]
n.a.

n.a

4,4-dichloro-l-valine/
dichloroaminobutyrate

WelO5
[147]

Hapalosiphon welwitschii/
E. coli C43(DE3)

[148,149] or
BL21(DE3) [150]
20 mg L−1 [151]

total turnover:
75 [148]

kcat: 1.8 ± 0.2 min−1

[149]

12-epi-fischerindole G/
fischerindole &

hapalindole alkaloids

AmbO5

Fischerella ambigua/
E. coli C43(DE3) [149] or

BL21(DE3) [150]
n.a.

kcat: 1.7 ± 0.1 min−1 [149]

ambiguine A/
ambiguine, fischerindole

and hapalindole
alkaloids

WelO5* variant
isoform of WelO5

(CB2)
[152]

Hapalosiphon welwitschii
IC-52-3/

E. coli BL21(DE3)
n.a.

KM: 0.67 mM,
kcat: 3.0 min−1

martinelline-derived
fragment

Based on the proposed radical C-H functionalization two classes of enzymes have so far been
identified. The first such reported Fe/αKG-dependent halogenase is the tailoring domain SyrB2 of
the multimodular nonribosomal peptidsynthetase (NRPS) from Pseudomonas syringae pv. syringae
B301D [133,144]. These NRPS-associated halogenases produce a diversity of secondary metabolites
such as the chlorinated biosurfactant syringomycin E (31), which is characterized by a selective
monochlorinated threonine in its structure [128,139]. Another example is the highly selective di-
and trichlorination of solely one of the diastereotopic methyl groups of leucine by a combination of
BarB1 and BarB2, which serves as a precursor for the natural compound barbamid (32) in the marine
cyanobacteria Lyngbya majuscula [142,153].
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Figure 16. Proposed mechanism for halogenation reaction by Fe(II)/αKG-dependent halogenase via
a radical C-H functionalization [142]. The highly reactive Fe(IV)-oxo (haloferryl) intermediate is
produced by decarboxylation of αKG to succinate through an oxygen attack. Subsequently abstraction
of a hydrogen-atom from the substrate leads to an energetically favourable rearrangement towards
Fe(III). Rebound reaction with chloride was shown to depend on the distance and orientation of the
substrate [143]. The catalytically cycle is re-established by the hexa-coordinated Fe(II) with water
molecules, chloride and histidine.

Recently Moosmann et al. identified different αKG-halogenase homologues and their natural
products that are produced via a NRPS (non-ribosomal peptide synthetase) pathway. The halogenase
were identified by screening the genomic sequence of the cyanobacterium Fischerella sp. PCC 9339
based on feature comparison. Using this approach, the authors were able to distinguish between a
Fe/αKG oxygenase and a corresponding halogenase [143,154]. However, large NRPSs characteristically
bind their substrates through an aminoacetylated peptidyl-carrier protein and have a narrow substrate
scope [144,155]. Furthermore, they generally showed a low total turnover number, which may
result from the well-known autoxidation of Fe(II) to Fe(III) and hence an auto-inactivation of the
enzyme [145,156]. In case of SyrB2, total turnovers of 7 ± 2 were observed [133,144] This limits the
possibility to modify the enzymes in order to use them as suitable biocatalysts for different unnatural
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substrates. With the discovery of a new Fe(II)/αKG-dependent halogenase (WelO5) by Hillwig and
Liu, it was possible to expand the class towards unbound substrates. WelO5 is capable of late stage
halogenation in a regio- and stereoselective manner of different derived isoprenoid-indole alkaloids
in the cyanobacterium Hapalosiphon welwitschii (see Table 4) [137,148]. WelO5 showed also a higher
robustness and catalysis of approximately 75 turnovers in total [137,148]. Strategies such as adding the
cosubstrates consecutively or adding antioxidants like catalases or DTT could increase the turnover
number. The narrow substrate scope of WelO5 was tailored in order to have an increased substrate scope
like the homolog AmbO5 [138,149]. Most modifications were at the external helix, which is responsible
for closing the entry of the active site upon binding of the substrate. It can be assumed that the helix
is partially involved in the substrate recognition and specificity [138,149]. A recent publication from
Hayashi et al. showed a WelO5 variant with a reshaped active site that led to improved kinetics and an
expanded substrate scope, which applies beyond the native indole alkaloid-type substrates [141,152].
This provides the possibility for targeted enzyme-engineering and a basis for further improvements
in substrate scope. One possibility is the establishment of nitration and azidation as already shown
for SyrB2 [157]. In this regard, it has been shown that WelO5 is able to incorporate the unnatural
halide Br− [158]. One drawback of engineering Fe/αKG-dependent halogenases is the hydroxylation
as a competitive side reaction [155]. Mitchell et al. used this approach backwards and modified
a monooxygenase SadA towards a halogenase [159]. This serves as a proof of concept that with
increasing understanding of the reaction mechanism and the involved amino acids the superfamily
of monooxygenase can be used as a versatile toolbox in biotechnology. In the future, this may
lead to the use of different variants of the very same enzyme for different transformations. Table 4
shows an overview of different characterized Fe/αKG halogenases and their main published features.
Excluded are, for example, halogenase modules of NRPS, where the halogenation is necessary for the
subsequently formation of cyclopropane such as in case of CurA [160] or CmaB (see Figure 17) [161].

Figure 17. Schematically example for formation of cyclopropane initiated by CmaB through halogenation.

5.3. Fluorinase

In contrast to the other described enzymes, the diversity of natural products in case of
the fluorinase stem from only one characterized enzyme class to date. The involved enzymes
are S-adenosylmethionine (SAM) dependent. The first characterized representative was FlA
(5′-fluoro-5′-deoxyadenosine synthase) from [162]. The overall family of this enzymes is also
able to chlorinate or hydroxylate SAM, as described in detail elsewhere [163]. Within the catalytic cycle
fluoride acts as a nucleophile in a SN2-reaction, where it attacks the 5′-carbon of SAM-ribose [164].
In order to act as a nucleophile, fluoride requires to lose its solvation shell. This is achieved in a
two-step desolvation with a combination of electrostatic stabilization and hydrogen bonding. In the
first step, fluoride is binding to the active site and exchanges water molecules of its shell in order
to form hydrogen bonds with the enzyme. Upon binding of SAM the desolvation of fluoride is
complete. The electropositive 5′-carbon attached to the sulfur group in SAM coordinates with the
fluoride [165,166]. This electrostatic stabilization facilitates the nucleophilic attack of the fluoride
and C−F-bond formation of the reactive 5′-fluoro-5′deoxyadenosine (33, 5′-FDA) intermediate [166].
Subsequently, 5′-FDA (33) is further metabolized in order to generate a variety of compounds as shown
in Figure 18A [162]. However, this also represents a major obstacle for the application of these enzymes
to unnatural small organic molecules, since the product formation follows a cascade of enzymatic steps.
Eustáquio et al. tried to use this enzyme for the production of fluorosalinosporamide, an unnatural
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analog of salinosporamide, which is fluorinated rather than chlorinated, however, the yield was
moderate [167]. Nevertheless, different approaches have been implemented to increase the substrate
scope and use the enzyme as rather flexible tool for medical applications. Besides the ability to fluoride
compounds, fluorinase is also able to exchange a chloride at the 5′-carbon of the SAM ribose ring
by a fluoride and form 5′-FDA (33, Figure 18B) [168]. This overall trans-halogenation reaction was
used for late-stage fluorination for the production of radiolabeled imaging reagents. Recently, different
pre-targeting strategies have been developed for treatment and imaging of different diseases. Those
include e.g., radiolabeling of the human A2A adenosine receptor [169], a prostate cancer-related membrane
protein [170] or the combined application of biotin and tetrazine-conjugate with antibodies [171]. In all
cases, it was shown that the fluorinase (FlA) accepts substrates with different moiety at C-2 of the adenine
ring. So far two crystal structures of fluorinase homologs from S. cattleya and Streptomyces sp. MA37 are
known and they both have a high structurally conformity [172]. In general all five known fluorinases
have a high similarity of over 80% and show similar kinetic profiles [173]. Through a directed evolution
approach of FlA1, different crucial amino acids for substrate binding, halide binding and hence activity
were identified [174]. Additionally, the variants were tested with different unnatural substrates [175].
It was shown that the tolerance for the wild type (wt) enzyme is limited to C-2 modified substrates.
However, generated variants of FlA1 also demonstrated an activity for an unnatural substrate, which were
modified at C-6 positions of the adenine ring with a chlorine group [175]. These findings show that
despite a narrow substrate scope of the fluorinase, it was possible to successfully apply different unnatural
substrates and lay a base for directed evolution as means to use small organic compounds as substrates.
However, the dependence of electrophilic substrate structures remains a drawback for the nucleophilic
attack of fluoride. The crystal structure with an unnatural substrate (containing difluoromethyl groups)
confirmed the necessity of geometry for activating the fluorine atom for substitution [176]. This outlines
the challenge to use fluorinases as a versatile tool to generate fluorinated pharmaceutical compounds.
Nevertheless, by means of designing appropriate leaving groups in combination with enzyme engineering,
fluorinases could be used as tool for future generation of fluorinated pharmaceutical compounds. Data of
known fluorinases are displayed in Table 5.

Table 5. Examples for heterologously expressed fluorinase. Kinetic data representing the conversion of
5′-ClDA into S-adenosylmethionine (SAM).

Enzyme
Origin/Expression Host and

Yield
Kinetic Parameters

Special Substrate
Scope

FlA
[165]

Streptomyces cattleya/
E. coli BL21(DE3)

50 mg L−1

[173]

KM: 29.4 ± 5.80 μm

kcat: 0.084 ± 0.005 min−1

[173]
[169–171]

FlA1
Streptomyces sp. MA37/

E. coli BL21(DE3)
n.a.

KM: 8.36 ± 0.82 μm

kcat: 0.13 min−1

[174]

FlA4
Streptomyces xinghaiensis/

E. coli BL21(DE3)
n.a.

KM: 29.87 μm

kcat: 0.69 ± 0.01 min−1

[177]
[177]
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Figure 18. (A) Schematically sequential mechanism for the F–C bond formation catalysed by the
fluorinase from S. cattleya and some products of subsequently cascade reaction. Dashed lines represents
hydrogen bonding contacts with amino acids in the active pocket or water. (B) Reaction scheme of
fluorinase-mediated trans-halogenation. Rest R marks position of usual derivation.

6. Conclusion on Halogens in Active Agent (Syntheses)

As we have seen in the previous paragraphs halogens are very important to many active agents as
a functional moiety per se due to their physico-chemical properties such as bulkiness, latent polarization
and as important binding partners because of halogen bonds. Organic halogen compounds are,
furthermore, instrumental for synthetic purposes in terms of being good leaving groups and facilitating
cross-metatheses by halogen-metal-exchanges. Nevertheless, these indispensable advantages have to
be bought at a high price; namely the energy-intensive production of very toxic and hazardous chlorine
gas. The reduction in energy consumption must mainly be managed by technical improvements
of the chloralkali-process and enzymes are likely not able to make a significant impact. A major
reason is that the majority of chlorinated compounds are necessary for different types of plastic
materials (e.g., PVC) and solvents [51]. Enzymes are limitedly applicable in those areas of bulk
chemicals, but there is a potential for fine chemicals. Even though halogenating enzymes will not
replace conventional chlorine production, it is worth taking a look at this group of enzymes or rather
at these groups of enzymes, because nature has invented these amazing enzymes at least six times.
The expectations of these biocatalysts are that the conversions become environmentally more benign,
the processes skip hazardous compounds such as chlorine gas and that conversions get more selective.
However, the research in the field of halogenating enzymes is still at the beginning. Consistent
enzymologic data such as kinetic data, measurements on stability or even well studied mutant libraries
are rarely available. Many halogenating enzymes from eukaryotic sources suffer from expression
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challenges. Nevertheless, these enzymes open up a wide horizon of possibilities. Enormous genome
data are revealing more and more halogenating enzymes and even new classes of halogenating
enzymes cannot be excluded at present. Thus, there is a need for detailed and systematic research to
employ halogenating enzymes for active agent synthesis, to alter their substrate scopes and enhance
their process stability.
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αKG α-ketoglutarate
BPO bromoperoxidase
CLEA cross-linked enzyme aggregate
CPO chloroperoxidase
FDA 5′-fluoro-5′deoxyadenosine
Fhal, FDH flavin-dependent halogenase
FlA fluorinase A
g gasous
Hal halogen
HOX hypohalous acid
HPO haloperoxidase
MCD monochlorodimedone
Mn elemental metal
MOH metal cation hydroxid salts
NBS N-bromo-succinimde
NCS N-chloro-succinimide
NRPS non-ribosomal protein synthesis
NXS N-halogen-succinimide
PKS polyketide
PVC polyvinyl chlroide
s solid
SAM S-adenosyl methionine
X halide ion
X2 molecular halogen
Y non-halogen heteroatom
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Abstract: Natural coumarins are present in remarkable amounts as secondary metabolites in edible and
medicinal plants, where they display interesting bioactivities. Considering the wide enzymatic arsenal
of filamentous fungi, studies on the biotransformation of coumarins using these microorganisms
have great importance in green chemical derivatization. Several reports on the biotransformation of
coumarins using fungi have highlighted the achievement of chemical analogs with high selectivity
by using mild and ecofriendly conditions. Prompted by the enormous pharmacological, alimentary,
and chemical interest in coumarin-like compounds, this study evaluated the biotransformation
of nine coumarin scaffolds using Cunninghamella elegans ATCC 10028b and Aspergillus brasiliensis
ATCC 16404. The chemical reactions which were catalyzed by the microorganisms were highly
selective. Among the nine studied coumarins, only two of them were biotransformed. One of the
coumarins, 7-hydroxy-2,3-dihydrocyclopenta[c]chromen-4(1H)-one, was biotransformed into the
new 7,9-dihydroxy-2,3-dihydrocyclopenta[c]chromen-4(1H)-one, which was generated by selective
hydroxylation in an unactivated carbon. Our results highlight some chemical features of coumarin
cores that are important to biotransformation using filamentous fungi.

Keywords: coumarin; biotransformation; filamentous fungi; selective hydroxylation

1. Introduction

Natural heterocyclic products consisting of fused benzene and α-pyrone rings are designed as
coumarins [1]. The great structural diversity of coumarins can be found both in simple coumarins,
whose chemical structures contain only two rings, and in coumarins that contain an additional ring,
such as furano- and pyranocoumarins. In all coumarin scaffolds, hydroxy or methoxy groups at
position 7 are common structural features [2].

Natural coumarins are widespread in edible and medicinal plants as secondary metabolites [3].
These chemicals display broad biological activities [4], including antioxidant [5], antibacterial [6],
antiviral [7], anti-inflammatory [8], antidepressant [9], and antitumoral activities [10], among others.
In addition to other secondary metabolites, the biosynthesis of coumarins is controlled by several
enzymes, and their accumulation is directly influenced by biotic and abiotic factors [11]. Given the
wide pharmaceutical, chemical, and alimentary importance of coumarins, several alternative ways
to achieve them have been developed in an attempt to replace the natural compound obtained by
bioprospecting [12,13]. As a result, limitations associated with obtaining such substances in low yields
from natural sources may be circumvented.
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Since the first synthetic coumarin [14], coumarin-like compounds have been mainly used in the
pharmaceutical industry as precursors for the synthesis of anticoagulant drugs or in the production of
fragrances. Several chemical compounds bearing a coumarin moiety continue to be produced by using
synthetic methodologies [15,16], but some specific structural modifications and substituents insertions
are barely performed. Sometimes, the synthetic methods require corrosive catalysts and long reaction
times, and they generally generate byproducts along with the desired product [17].

Chemical derivatization using microorganisms (defined as biotransformation) represents a
powerful tool for obtaining derivatives for fine chemical, pharmaceutical, and agrochemical industries
according to green chemistry principles [18]. Biotransformation using microorganisms may operate
in mild conditions (neutral pH, room temperature, and atmospheric pressure), and generally, it
is conducive to high regio-, stereo-, and chemoselectivity at low cost [19]. Biotransformation
processes have an interesting diversity, which allows for diverse products to be obtained from a
single substrate [20]. Moreover, some chemical transformations that cannot be performed through the
traditional synthetic methods are readily obtained using the biotransformation approach in ecofriendly
reactions [21]. Within this context, the microbiological transformation of diterpenes has been studied
to achieve the specific hydroxylation of unactivated C–H bonds, which is difficult to prepare using
chemical methods [22].

Microbial biotransformation can be described as a reaction or a set of simultaneous reactions in
which a precursor molecule is converted, rather than a fermentation process where molecules are
produced from a carbon and energy source. Biotransformation could involve the use of enzymes or
whole cells, or combinations thereof. In general, whole cells are more popular than isolated enzymes
in industrial biotransformation [23] because the former allows for a great quantity of catalysts in small
volumes and high turnover rates of enzymes and cofactors. Besides, filamentous fungi are especially
useful as industrial enzyme sources because of their broad diversity in the production of proteins,
which are quickly secreted [24].

Recently, our research group published a review on the biotransformation of simple, furano-,
and pyranocoumarins using different genera of filamentous fungi [25]. The survey showed that
Cunninghamella sp. and Aspergillus sp. are the most common genera used as catalysts in the
biotransformation of several types of coumarins. These findings prompted us to investigate the
chemical specificities of Cunninghamella and Aspergillus genera in transforming coumarin cores.

Therefore, the present study reports on the biotransformation of a variety of coumarin compounds
using Cunninghamella elegans ATCC 10028b and Aspergillus brasiliensis ATCC 16404. Our results provide
an interesting way of mapping these microbial systems onto the derivatization of coumarin scaffolds.
The approach used by us highlights some chemical features in the coumarin structures that allow for
their biotransformation. Additionally, the biotransformation of coumarins using the selected fungi
strains occurred under chemo- and stereoselectivity. One of the assays led to a selective hydroxylation
at an unexpected position of the coumarin core.

2. Results and Discussion

Coumarins represent an important class of natural products and also synthetic oxygen-containing
heterocycles. Several reports have claimed that the most common structural pattern in natural
coumarins is hydroxylation at C-7. Based on this, the present study focused on an evaluation of
the biotransformation of a panel of coumarins that contained one or two hydroxyl groups in the
aromatic ring.

Initial screening of the biotransformation of nine coumarin compounds (1 to 9, Figure 1) was
carried out using the filamentous fungi Cunninghamella elegans ATCC 10028b and Aspergillus brasiliensis
ATCC 16404. The biotransformations were carried out for 72 h, and samples were analyzed using
HPLC every 24 h. Both fungi were able to transform only two of the coumarins (4 and 7) after 72 h
of incubation.
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Figure 1. Chemical structures of coumarins used as substrates in biotransformation through
Cunninghamella elegans ATCC 10028b and Aspergillus brasiliensis ATCC 16404.

HPLC analysis (Figure 2) showed that C. elegans and A. brasiliensis biotransformed (exclusively)
the coumarins 4 and 7 into more polar derivatives. The chemical structures of the coumarin substrates 4

and 7 contained two common features: aromatic rings from both contained only one hydroxyl group at
C-7, and both coumarins contained a bulky group at C-4. None of the coumarins whose aromatic ring
contained two hydroxyl groups (2, 3, 5, 6, 8, and 9) were biotransformed by C. elegans or A. brasiliensis.
Moreover, none of the coumarins with a methyl group at C-4 (1, 2, and 3) were biotransformed by the
two evaluated filamentous fungi.

Figure 2. Reverse-phase HPLC elution profiles (λ = 211 nm) of the ethyl acetate extracts of C. elegans
ATCC 10028b cultures incubated for 72 h with coumarin 4 (chromatogram A) and A. brasiliensis ATCC
16404 cultures incubated for 72 h with coumarin 7 (chromatogram B). The derivatives of coumarins 4

and 7 can be visualized in peaks C1 and C2, respectively. AU: absorbance unit.

A more detailed analysis of the HPLC chemical profiles of the crude extracts of the
biotransformations catalyzed by C. elegans and A. brasiliensis showed that both fungi biotransformed
coumarins 4 and 7 into the same derivatives. However, the yields of derivatives C1 and C2 were
different. Concerning the biotransformation of coumarin 4, the yield of the assay catalyzed by C. elegans
was five-fold higher than that catalyzed by A. brasiliensis. On the other hand, A. brasiliensis was more
efficient in the biotransformation of coumarin 7, generating almost double the yield. Similarly to our
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study, Lee and coworkers reported the biotransformation of isoflavone by C. elegans and A. niger [26].
The authors highlighted that A. niger gave a more complex metabolite profile than did C. elegans, but
some derivatives were found in the crude extracts from both fungi.

Next, the biotransformation experiments were repeated to facilitate the isolation and
characterization of C1 and C2. Scale-up biotransformations of coumarin-related compounds 4

and 7 by C. elegans and A. brasiliensis, respectively, led to the isolation of their main derivatives.
The derivative isolated from the biotransformation of coumarin 4 was identified as

7,9-dihydroxy-2,3-dihydrocyclopenta[c]chromen-4(1H)-one (C1), which is reported for the first time
in the present study. Its molecular formula was determined as C12H10O4 by HRESIMS (m/z 217.0507
[M −H]−, Figure S6 in the Supplementary Materials), indicating that one new hydroxyl group was
introduced into 4 as a result of the biotransformation. A comparison between the 4 and C1 1H NMR
spectra (Figure S1 in the Supplementary Materials) showed that their chemical structures were very
similar, except for C-9 (δ 75.1) in the C1 chemical structure. The chemical shift of C-9 (δ 75.1) and the
presence of only one hydrogen attached at C-9 (δ 5.20–5.22, ddd, H-9) indicated hydroxylation at this
position. Heteronuclear HSQC and HMBC analysis, along with 13C NMR data analysis (see spectra in
Figures S2–S4 in the Supplementary Materials), allowed for the unequivocal structural identification of
C1 (Figure 3). The substitution of one hydrogen for the hydroxyl group at C-9 explained the greater
polarity of C1 compared to its precursor, 4 (see chromatogram A, Figure 2).

The hydroxylation at C-9 generated a chiral center in the C1 chemical structure, which explained the
multiplicity of the diastereotopic hydrogens attached at C-10 (δ 2.42–2.48, dddd, H-10a; and 2.00–2.05,
dddd, H-10b) and C-11 (δ 3.17–3.23, dddd, H-11a; and 2.95–3.00 ddd, H-11b). The ddd δ 5.20–5.22 was
attributed to the enantiotopic hydrogen attached at C-9. The optical rotation measurement of the C1

sample ([α]20
D = −16◦) showed that the biotransformation approach used herein was stereoselective

with a preference for levogyre stereoisomer production.
The magnitude of the J between two adjacent C–H bonds (3JHH) is directly dependent on the

dihedral angle α between these two bonds [27]. Therefore, the J analysis of the 1H NMR signals of
the hydrogens belonging to the C1 cyclopentanol ring led to some conclusions about the relative
stereochemistry of its substituents. The largest J value of ddd δ 5.20–5.22 (3JHH = 6.9 Hz) was attributed
to the vicinal coupling between H-9 and H-10a (δ 2.42–2.48) that should occupy the opposite face
of the cyclopentanol ring. By the same rationale, the middle J value (3JHH = 2.2 Hz) was attributed
to the vicinal coupling between H-9 and H-10b (δ 2.00–2.05) that should occupy the same face of
the cyclopentanol ring. Finally, the smallest J value of the ddd (4JHH = 1.4 Hz) was attributed to the
W-coupling between H-9 and H-11a (δ 3.17–3.23). The W-coupling was herein confirmed through
COSY homonuclear analysis (Figure S5 in the Supplementary Materials).

Figure 3. Chemical structures of C1 and C2, which were isolated from the biotransformation of
coumarins 4 and 7, respectively.

Several coumarins and their derivatives have displayed interesting biological activities, and they
are useful as a starting point for drug development [25]. The biotransformation approach employed in
the present study provided chemo- and stereoselective hydroxylation of an unactivated C–H bond
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(position 9 of coumarin 4). The ability of microorganisms to hydroxylate chemically inaccessible centers
is a powerful synthetic tool because the functionalization of unactivated C–H bonds is a true challenge
to organic synthesis [28]. Traditional chemical methods generally require highly reactive oxidizing
agents, which causes difficulties in the regio- and stereocontrols.

Considering the poor conversion rate of coumarin 4 and the consequent low yield of C1 (9.0%
yield), we investigated the biotransformation of 4 by C. elegans, intending to improve its conversion
rate. The biotransformation of coumarin 4 by C. elegans was then carried out by using twice the
amount of fungus and also by changing the incubation time to 120 and 168 h. We concluded that
the biotransformation assay that used twice the amount of fungus for 72 h was the best one for the
biotransformation of 4 into C1. Next, we repeated the biotransformation of 4 by C. elegans by using the
optimized conditions, and we isolated C1 with a yield of 22.0%.

The next step of our study was the identification of the chemical structure of the derivative C2,
which was achieved through biotransformation of the coumarin 7 by A. brasiliensis with a yield of
35.0%. The C2 1H NMR spectrum analysis (Figure S7 in the Supplementary Materials) showed that
the biotransformation of 7 by A. brasiliensis led to hydrolysis at C-10. The ester group at C-10 of the
chemical structure of 7 was converted into a carboxyl acid group in C2. The C2 and 7 1H NMR spectra
were almost identical. Meanwhile, no methyl hydrogen was present in the C2 1H NMR spectrum.
The 1H NMR of coumarin 7 contained a singlet at δ 3.83 with an integral value of 3. This signal was not
found in the C2 1H NMR spectrum. All C2 NMR data were in accord with those previously reported
for 2-(7-hydroxy-2-oxo-2H-chromen-4-yl) acetic acid or 7-hydroxycoumarinyl-4-acetic acid [29].

It was previously established that C-7 substitution in the coumarin nucleus increases its
antioxidant and antifungal activities [30]. Within this context, Molnar and coworkers have synthesized
some coumarinyl thiosemicarbazides from C2. The synthesized compounds displayed interesting
antibacterial activity against Bacillus subtilis [31].

As part of our studies on the biotransformation of coumarins, we recently reported that
transformations at C-7, reductions at C3–C4, and lactone-ring opening were the most frequent
reactions in coumarin cores submitted to biotransformation using filamentous fungi [25]. Unlike
what was expected, the biotransformations described in the present study led to hydroxylation at an
unexpected position and hydrolysis reaction.

In summary, our investigations into the biotransformation of coumarin compounds by C. elegans
and A. brasiliensis provided useful information about structural features that are important for
the microbial transformation of this kind of compound. Coumarins that contained aromatic
monohydroxylation and a bulky group at C-4 in their chemical structures were efficiently biotransformed
by the fungi strains. Although both fungi strains converted the coumarins into the same derivatives,
the reaction yields were distinct. We demonstrated the occurrence of a stereoselective hydroxylation at
an unactivated carbon of one of the coumarins with a preference for levogyre stereoisomer production.
The spectroscopic analysis allowed for the identification of a new chiral coumarin, whose relative
stereochemistry was identified.

3. Materials and Methods

3.1. General Analytical Procedures

Nuclear magnetic resonance (NMR) spectra were recorded in CD3OD on a Varian VNMRS 600
(1H: 600 MHz; 13C: 150 MHz; Palo Alto, CA, USA) spectrometer operating at 25 ◦C or in DMSO-d6

on a Varian NMR AS 400 (1H: 400 MHz) spectrometer operating at 25 ◦C. The chemical shifts (δ)
were assigned in ppm and the coupling constants (J) in Hz. The assignments were based on chemical
shifts, integration, homonuclear (COSY), and heteronuclear (HMQC and HMBC) measurements.
Optical rotation was measured at 20 ◦C in a Perkin Elmer 343 Polarimeter (Waltham, MA, USA)
at 589 nm (sodium D line). Analytical HPLC analyses were carried out on a Shimadzu Shim-pack
PREP-ODS(H)KIT 5 μm C18 column (4.6 × 250.0 mm, Kyoto, Japan), and the chemical profiles of the
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biotransformation and control extracts were obtained using 10% to 100% methanol in water containing
0.01% acetic acid over 30 min with a flow rate of 0.8 mL/min. The crude extracts were analyzed through
the injection of 20 μL at 1 mg/mL on a Shimadzu (SIL-20A) multisolvent delivery system, a Shimadzu
SPD-M20A, a photodiode array detector, and an Intel Celeron computer for analytical system control,
data collection, and processing. The derivatives were isolated by using a chromatographic column
(40 × 1.5 cm) containing silica gel (Sigma-Aldrich, 60 Å, Saint Louis, MO, USA). Mixtures of n-hexane
(Synth) and ethyl acetate (Synth) were employed as a mobile phase.

3.2. Substrates

Nine synthetic coumarin analogs were submitted to the biotransformation experiments. All
coumarins used as substrates were obtained according to known methods through a Pechmann
reaction, and all of their spectroscopic data were identical to those previously described
for 7-hydroxy-4-methyl-2H-2-chromenone (1) [32], 5,7-dihydroxy-4-methyl-2H-chromen- 2-one
(2) [33], 7,8-dihydroxy-4-methyl-2H-chromen-2-one (3) [34], 7-hydroxy-2,3-dihydrocyclopenta[c]
chromen-4(1H)-one (4) [33], 7,9-dihydroxy-2,3-dihydrocyclopenta[c]chromen-4(1H)-one (5) [33],
6,7-dihydroxy-2,3-dihydrocyclopenta[c]chromen-4(1H)-one (6) [35], methyl 2-(7,8-dihydroxy-
2-oxo-2H-chromen-4-yl)acetate (7) [36], methyl 2-(5,7-dihydroxy-2-oxo-2H-chromen-4-yl)acetate (8) [37],
and methyl 2-(7-hydroxy-2-oxo-2H-chromen-4-yl)acetate (9) [38].

3.3. Biotransformation Assays

The biotransformation of all coumarins (1–9) was done through screening with Cunninghamella
elegans ATCC 10028b and Aspergillus brasiliensis ATCC 16404, which were obtained from the American
Type Culture Collection (ATCC, Rockville, MD, USA). The filamentous fungi were maintained in 80%
glycerol solution at −20 ◦C.

The fungi were grown in a two-step culture procedure. First, each fungus was grown at 28 ◦C in
Petri dishes containing malt agar (malt extract 2.0%, glucose 2.0%, peptone 0.1%, agar 1.8%) for 7 days.
Next, an inoculum of five 6-mm disks containing mycelia and agar was added to 125-mL Erlenmeyer
flasks, each holding 50 mL of Koch’s K1 medium (glucose 0.18%, peptone 0.06%, and yeast extract
0.04%). Coumarins (5 mg) were separately added to each flask as a solution in dimethyl sulfoxide (5
mg dissolved in 200 μL). Control flasks consisted of a culture medium with dimethyl sulfoxide and
a fungus (without coumarin), a culture medium with coumarin and dimethyl sulfoxide (without a
fungus), and a culture medium by itself. Biotransformation experiments were carried out at 28 ◦C for
72 h with shaking at 120 rpm. Samples were analyzed daily by HPLC. The mycelia were separated
by filtration, the fermentation broths were extracted three times with ethyl acetate, and the solvent
was evaporated under reduced pressure to yield crude extracts. All experiments were carried out
in triplicate.

Biotransformations of two selected coumarins (4 and 7) were separately carried out in 10
Erlenmeyer flasks (scale-up biotransformations) using the same aforementioned procedures. According
to the yields of the biotransformation assays in the initial screening, the scale-up biotransformations of
4 and 7 were carried out by C. elegans and A. brasiliensis, respectively. The extraction of the culture
broths by ethyl acetate was followed by evaporation of the solvent to yield the crude extracts of the
biotransformations of 4 and 7 (41.0 mg and 59.0 mg, respectively).

Additionally, the biotransformation conditions of coumarin 4 were investigated with a view
toward increasing its conversion. For this, new assays were designed by using a greater quantity of the
fungus C. elegans (10 6-mm disks containing mycelia and agar) and by increasing the incubation time
(120 and 168 h).
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3.4. Isolation and Purification of the Derivatives

The extracts from the culture broths of C. elegans or A. brasiliensis (scale-up biotransformations)
with coumarins 4 and 7 were submitted to an isolation procedure (as described in Section 3.1) to yield
the derivatives C1 and C2, respectively.

3′,7-dihydroxy-2,3-dihydrocyclopenta[c]chromen-4(1H)-one (C1): 3.6 mg (9.0% yield) brown
powder; [α]20

D =−16◦ (0.34; CH3OH); 1H NMR (600 MHz, CD3OD) 7.44 (d, J = 8.4 Hz, 1H, H-5), 6.77
(dd, J = 8.4 and 2.2 Hz, 1H, H-6), 6.68 (d, J = 2.2 Hz, 1H, H-8), 5.20–5.22 (ddd, J = 6.9, 2.2, and 1.4 Hz,
1H, H-9), 3.17–3.23 (dddd, J = 18.0, 8.0, 6.9, and 1.4 Hz, 1H, H-11a), 2.95–3.00 (ddd, J = 18.0, 9.1, and 3.3
Hz, 1H, H-11b), 2.42–2.48 (dddd, J = 13.5, 9.1, 6.9, and 6.9 Hz, 1H, H-10a), 2.00–2.05 (dddd, J = 13.5,
8.0, 3.3, and 2.2 Hz, 1H, H-10b); 13C NMR (150 MHz, CD3OD) 163.1 (C-2), 162.2 (C-7), 161.3 (C-4),
158.2 (C-8a), 127.8 (C-5 and C-3), 115.5 (C-6), 103.8 (C-4a and C-8), 75.1 (C-9), 34.2 (C-10), 30.3 (C-11).
HRESIMS m/z 217.0507 [M -H]− (calcd for [M −H]− 217.0501).

2-(7-hydroxy-2-oxo-2H-chromen-4-yl) acetic acid (C2): 13.0 mg (35.0% yield) brown powder; 1H
NMR (400 MHz, DMSO-d6) 12.75 (br s, 1H, COOH), 10.57 (s, 1H, OH-7), 7.54 (d, J = 8.7 Hz, 1H, H-5),
6.82 (dd, J = 8.7 and 2.3 Hz, 1H, H-6), 6.74 (d, J = 2.3 Hz, 1H, H-8), 6.23 (s, 1H, H-3), 3.83 (s, 2H, H-9).

Supplementary Materials: The following are available online, Figure S1: 1H NMR spectrum of compound C1

(600 MHz, CD3OD); Figure S2: 13C NMR spectrum of compound C1 (150 MHz, CD3OD); Figure S3: 1H-13C HSQC
2D NMR correlation spectroscopy of compound C1 (600 MHz/150 MHz, CD3OD); Figure S4: 1H-13C HMBC 2D
NMR correlation spectroscopy of compound C1 (600 MHz/150 MHz, CD3OD); Figure S5: 1H-1H COSY 2D NMR
correlation spectroscopy of compound C1 (600 MHz, CD3OD); Figure S6: HRESIMS spectrum of compound C1

(negative ion mode); Figure S7: 1H NMR spectrum of compound C2 (400 MHz, DMSO-d6).
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Abstract: Monoterpenes, such as the cyclic terpene limonene, are valuable and important natural
products widely used in food, cosmetics, household chemicals, and pharmaceutical applications.
The biotechnological production of limonene with microorganisms may complement traditional
plant extraction methods. For this purpose, the bioprocess needs to be stable and ought to show
high titers and space-time yields. In this study, a limonene production process was developed with
metabolically engineered Escherichia coli at the bioreactor scale. Therefore, fed-batch fermentations
in minimal medium and in the presence of a non-toxic organic phase were carried out with E. coli
BL21 (DE3) pJBEI-6410 harboring the optimized genes for the mevalonate pathway and the limonene
synthase from Mentha spicata on a single plasmid. The feasibility of glycerol as the sole carbon
source for cell growth and limonene synthesis was examined, and it was applied in an optimized
fermentation setup. Titers on a gram-scale of up to 7.3 g·Lorg

−1 (corresponding to 3.6 g·L−1 in the
aqueous production phase) were achieved with industrially viable space-time yields of 0.15 g·L−1·h−1.
These are the highest monoterpene concentrations obtained with a microorganism to date, and these
findings provide the basis for the development of an economic and industrially relevant bioprocess.

Keywords: monoterpenes; limonene; glycerol; mevalonate pathway; reaction engineering; bioprocess;
biocatalyst; two-liquid phase fermentation; in situ product removal

1. Introduction

Monoterpenes are volatile, lipophilic compounds in the essential oils of plants, which often find
application as flavors and fragrances in food, cosmetics, and household chemicals. Limonene is the
predominant monoterpene in the essential oils of citrus fruits and can be found in oaks, pines, and
spearmint as well. Recently, limonene has been investigated as a promising alternative or additive
for solvents [1] and jet fuels [2–4]. Limonene also shows antimicrobial properties [5], can be easily
functionalized because of its two double bonds [6], and thus finds application as a building block
for several commodity chemicals and pharmaceuticals. The oxygenated derivatives of limonene
show potent pharmaceutical activities. As an example, perillyl alcohol, which can be obtained
by the regiospecific oxygenation of limonene via whole-cell biotransformation [7,8], has proven
anti-cancer properties [9]. The application of monoterpenes as starting materials for industrially or
pharmaceutically relevant compounds requires efficient synthesis routes [10]. Nowadays, limonene
is mainly produced as a by-product of orange juice production. However, the establishment of new
applications will lead to a rapidly growing global market. The low concentrations of monoterpenes
in natural sources make their isolation often economically unfeasible. Chemical synthesis might
offer alternative production strategies. However, the chemical synthesis of these complex and often
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chiral molecules is typically difficult, involves many synthesis steps, and suffers from low yields.
In order to ensure a stable and sustainable limonene supply, the development of a biotechnological
process for limonene synthesis complements the traditional production route. Moreover, such a
process could serve as a basis for the production of other monoterpenes of interest and subsequent
selective functionalization.

During recent years, recombinant microbial strains have been engineered for limonene
synthesis [11]. The production of isoprenoids with bacterial hosts was challenged by the low
supply of the common precursors isopentenyl pyrophosphate (IPP) and dimethylallyl pyrophosphate
(DMAPP) via the native 2-C-methyl-d-erythritol 4-phosphate (MEP) pathway. Higher precursor
availability was realized by the introduction of a heterologous mevalonate (MVA) pathway from
Saccharomyces cerevisiae in Escherichia coli, and isoprenoid titers above 100 mg·L−1 were achieved for the
first time. A nine-enzyme pathway was constructed on three plasmids to produce amorpha-4,11-diene,
which is the sesquiterpene precursor to artemisinin, an antimalarial drug [12]. Based on this study,
an equivalent set of plasmids was designed to produce limonene with recombinant E. coli [8]. The
pathway was optimized by balancing the involved enzymes in several iterative steps, and the number
of plasmids was reduced to a single plasmid (Figure 1). Cultivations of the engineered E. coli strain in
shake flasks using glucose as carbon source in a complex medium resulted in limonene titers of up to
400 mg·L−1.

Figure 1. The heterologous mevalonate (MVA) pathway and limonene synthase introduced into
Escherichia coli for the production of (S)-limonene. Acetoacetyl-CoA synthase from E. coli (atoB),
HMG-CoA (hydroxymethylglutaryl-CoA) synthase from Saccharomyces cerevisiae (HMGS), an N-terminal
truncated version of HMG-CoA reductase from S. cerevisiae (HMGR), mevalonate kinase (MK),
phosphomevalonate kinase (PMK), phosphomevalonate decarboxylase from S. cerevisiae (PMD),
isopentenyl diphosphate isomerase from E. coli (idi), a truncated and codon-optimized version of
geranyl pyrophosphate synthase from Abies grandis (trGPPS), and a truncated and codon-optimized
version of limonene synthase from Mentha spicata without the plastidial targeting sequence (LS).

Willrodt et al. constructed another E. coli strain harboring a two-plasmid system (pBAD:LS,
pET24:AGPPS2) and operated a two-liquid phase fed-batch setup with a minimal medium in a
stirred-tank bioreactor [13]. In this study, the addition of an inert organic phase was used to prevent
product inhibition, toxicity effects, and the evaporative loss of limonene. Diisononyl phthalate (DINP)
was selected as a biocompatible organic carrier solvent because of its favorable partition coefficient and
lack of detectable impact on the growth of E. coli [14]. Final limonene concentrations of 1350 mg·L−1

were reached with glycerol as the sole carbon source, which was an almost 4-fold increase in limonene
formation compared to that from glucose fermentations using the same strain. The use of glycerol
resulted in a prolonged growth and production phase, leading to a more stable process with a maximum
space-time yield of about 40 mg·L−1·h−1 for carbon-limited cultivation [13].

Rational strain optimization, as well as reaction engineering, demonstrated the potential of the
biotechnological production of monoterpenes. Nevertheless, space-time yields and product titers are
still not applicable for industrial production. Additionally, data obtained at the bioreactor scale are rare.
This study aims at the development of a feasible bioreactor scale process for monoterpene production
with a recombinant E. coli strain that is genetically optimized for limonene synthesis.
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2. Results

2.1. Influence of Inducer Concentration on Limonene Yields

Previous studies with a single plasmid strain (E. coli DH1 pJBEI-6409) cultivated in complex
medium elucidated that low inducer concentrations (0.025 mM isopropyl β-d−1-thiogalactopyranoside
(IPTG)) resulted in the highest limonene titers [8]. It was hypothesized that the amount of LacI
produced by the single copy of lacI in the vector might not be enough to fully repress all three promoters
in pJBEI-6409. The fully expressed MVA and limonene pathway at high IPTG levels could be too
stressful for efficient limonene production. In the present study, different IPTG levels (0.025, 0.05, 0.1,
0.2, 0.5, and 1 mM) were tested for the optimal expression of heterologous genes. In comparison to the
mentioned study, a different single plasmid strain was used (E. coli BL21 (DE3) pJBEI-6410), which
carries a version of pJBEI-6409 harboring ampicillin resistance instead of chloramphenicol resistance.
Furthermore, fermentations were carried out in M9 minimal medium instead of a complex medium. It
turned out that the highest biomass specific yields could be obtained with IPTG concentrations of 0.05
mM and 0.1 mM (Figure 2). These values are high compared to the reported inducer concentrations for
the producer strain E. coli DH1 pJBEI-6409 [8]. Following the hypothesis of Alonso-Gutierrez et al., the
higher optimal inducer levels could be explained by a higher lacI expression level [8]. In contrast to
E. coli DH1, the host strain E. coli BL21 (DE3) carries a Lac regulatory construct in its genome [15]. This
operon includes lacIq, which is a mutant of lacI with a 10-fold higher expression level that leads to
a lower basal expression of T7 RNA and therefore to a more tightly controlled expression [16]. For
the following experiments, the inducer concentration of 0.1 mM IPTG was chosen to ensure sufficient
induction during bioreactor experiments.

Figure 2. Biomass specific yields for different concentrations of the inducer isopropyl
β-d−1-thiogalactopyranoside (IPTG) after 12 h of cultivation. Two-liquid phase shake flask
fermentations with E. coli BL21 (DE3) pJBEI-6410 in M9 minimal medium with 0.5% w/v glucose
as the sole carbon source. The error bars relate to biological duplicates.

2.2. Glycerol as the Sole Carbon Source for Fermentative Limonene Production

A prolonged growth phase of E. coli and higher product concentrations with glycerol as the
sole carbon source were described by Willrodt et al. in an aforementioned study [13]. In order to
investigate if these influences can also be observed with E. coli BL21 (DE3) pJBEI-6410, shake flask
experiments were carried out using either glucose or glycerol as the sole carbon source. In the case of
glucose, the substrate was consumed completely after 10 h, whereas glycerol was still present in the
fermentation medium after 11 h. Finally, the carbon source was fully consumed in both cultivations.
The growth curves were also similar (Appendix, Figure A1). Using glucose for the carbon supply
resulted in a final limonene concentration of 121 ± 1 mg·Lorg

−1 in the organic phase (Figure 3A). By
comparison, the fermentation with glycerol showed a prolonged production phase, resulting in a
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final limonene concentration of 184 ± 11 mg·Lorg
−1. The limonene yields relative to the carbon source

were 9.3 ± 0.1 g·C-mol−1 and 14.2 ± 0.8 g·C-mol−1, for glucose and glycerol, respectively (Figure 3B).
These results confirm previous observations that glycerol is the better choice as a carbon source for
fermentative limonene production with E. coli.

Figure 3. Two-liquid phase shake flask fermentations with E. coli BL21 (DE3) pJBEI-6410 in M9 minimal
medium with either 0.5% w/v glucose (closed symbols) or glycerol (open symbols) as the sole carbon
source. (A) Limonene concentrations (�, �) in the organic phase and carbon source (�, �) concentrations
were determined at regular intervals. (B) Carbon specific limonene yields after 26 h of cultivation. The
error bars relate to biological duplicates.

2.3. Fermentative Limonene Production in a Stirred-tank Reactor

The first attempt to produce limonene with E. coli BL21 (DE3) pJBEI-6410 and glycerol as the sole
carbon source in a two-liquid phase fed-batch setup was carried out in a 3.1 L reactor with 1 L of M9
minimal medium and 0.5 L of the organic carrier solvent diisononyl phthalate (DINP). A carbon limited
exponential feed was applied with a calculated growth rate of 0.18 h−1 (Figure 4A,B), which was based
on a substrate specific biomass production rate obtained from an initial batch cultivation. Heterologous
gene expression was induced with the addition of 0.1 mM IPTG after two hours of fed-batch cultivation.
After 10 h of exponential growth, no further increase in biomass was observed. The growth rate for this
period was 0.15 h−1 and a final cell dry weight (CDW) of 28.7 g·L−1 was achieved. No accumulation
of glycerol was detected until this time point. Acetate formation was suppressed during growth.
After 11 h, growth stopped, and the exponential feed was set constant. During the next 15 h, glycerol
accumulated, followed by acetate formation, leading to final concentrations of 5.7 g·L−1 glycerol and
2.8 g·L−1 acetate. The ammonium concentration increased during the fermentation from 0.4 to 1.9 g·L−1,
probably due to the pH regulation with ammonia as a result of acetate and carbon dioxide formation.
The specific activity of limonene synthesis increased after induction with IPTG and reached a maximum
of 2.6 U gCDW

−1 by the end of exponential growth. However, significant limonene formation was still
observed for the non-growing cells, and a final limonene concentration of 4.4 g·Lorg

−1 was achieved.
Concentrations of limonene were determined for the organic phase volume, because of the significant
dilution of the aqueous phase due to the addition of the feed solution. The cell growth and the
production of limonene seemed to be limited by a yet unidentified mechanism, which might be the
accumulation of limonene or another compound related to the biosynthesis of limonene—such as an
intermediate or metabolite—or a limitation caused by the depletion of a medium component.
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Figure 4. Two-liquid phase fed-batch fermentation with E. coli BL21 (DE3) pJBEI-6410 in M9 minimal
medium. Cell dry weight (CDW) (�), limonene concentrations (�) in the organic phase, glycerol (�),
acetate (�), and ammonium (�) concentrations were determined at regular intervals. The specific
activities (•) were calculated for distinct time points throughout the fermentation time. The feed rate is
displayed as well (dotted line). (A) and (B) display the initial fed-batch fermentation (D = 0.18 h−1),
whereas (C) and (D) display the optimized fed-batch fermentation with a lower feed rate (D = 0.15 h−1)
and additional trace element supply. The error bars for CDW relate to two independent measurements.

To test whether intracellular limonene, terpene intermediates, or the expression of heterologous
pathway genes influence cell growth, a glycerol-limited fed-batch fermentation was carried out without
the induction of the heterologous pathway (data not shown). Although heterologous gene expression
was not induced, 222 mg·Lorg

−1 limonene was produced during the exponential growth. These small
amounts are probably caused by leaky expression of the pathway genes. Nearly identical CDW was
achieved, while 20-fold less limonene was produced. Therefore, toxification by intermediates of the
MVA pathway or intracellular limonene can be excluded.

In order to overcome the growth limitation, the parameters for the fermentation were changed
to permit prolonged exponential growth, coupled with higher limonene concentrations. A carbon
limited exponential feed was set up with a calculated growth rate of 0.15 h−1, which is lower than
in the previous experiments (0.18 h−1) (Figure 4C,D). Furthermore, additional US* trace elements
were supplied. After 6 and 16 h of cultivation, 2 and 1 mL of US* trace element solution were spiked,
respectively. The exponential growth could be maintained for nearly 17 h, with a growth rate of 0.12 h−1.
Thus, the addition of trace elements prolonged the growth phase, and a CDW of 48.8 g·L−1 was reached,
whereas the second trace element spike did not affect the cells in their stationary phase. The specific
activity quickly increased reaching a maximum of 1.8 U gCDW

−1 after 5 h, before it decreased with
ongoing fermentation. In contrast to in previous experiments, the specific activity could be maintained
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above 1 U gCDW
−1 for a time period of more than 17 h. The prolonged production phase and higher

biomass concentration resulted in 7.3 g·Lorg
−1 limonene after 24 h by the end of the fermentation. To

our knowledge, this is the highest limonene titer reported so far.

3. Discussion

3.1. Glycerol is a Suitable Carbon Source for Heterologous Limonene Production in Escherichia coli

The beneficial effect of glycerol as a sole or supplementary carbon source has been reported
before for the fermentative production of carotenoids in MEP engineered E. coli strains [17–19], for
sesquiterpenes [12] and for limonene [13] in MVA-engineered E. coli strains. The use of glycerol as a
carbon source resulted in higher limonene formation rates, a prolonged growth phase, and increased
stability compared to the same whole-cell biocatalyst growing on glucose [13].

In the present study, we were able to transfer this knowledge to a bioprocess with an optimized
one plasmid strain and showed that, compared to glucose, glycerol is definitely the preferred carbon
source for the production of limonene with E. coli. The transferability to the bioreactor scale was
validated, and reaction engineering was performed to further increase the limonene titer. This led to
the highest monoterpene concentration obtained with a microorganism to date. Next to availability
and low cost, various advantages make glycerol an attractive carbon source for fermentation processes
compared to glucose. Firstly, beneficial effects on the viability of cells and productivity of recombinant
proteins were observed [20]. Secondly, glycerol does not show any catabolic repression in combination
with lactose, which might be the preferred inducer for heterologous gene expression instead of IPTG
due to a reduced stress level for the production host. Catabolite repression occurs when excess
glucose is present and leads to reduced lactose uptake rates, which causes the decreased expression
of recombinant proteins [21]. Finally, glycerol is a suitable carbon source for anaerobic fermentation
with E. coli strains producing biofuels and highly reduced compounds. The high degree of reduction
of carbon atoms in glycerol (κ = 4.67) provides a distinct advantage over glucose (κ = 4.00) in the
absence of other electron acceptors [22]. E. coli strains are able to utilize glycerol in such conditions
for cell growth and need a suitable sink for the excess reducing equivalents generated during the
formation of biomass [23]. Therefore, the ability to form a highly reduced product is essential for the
microorganism. Limonene has a high degree of reduction (κ = 5.60), so it would be a suitable product
and sink for reducing equivalents in anaerobic glycerol fermentation. The anaerobic environment
could have another beneficial effect regarding the toxicity of limonene. Whereas limonene itself has
relatively little toxicity towards E. coli cells, the common oxidation product limonene hydroperoxide,
which forms spontaneously in aerobic environments, shows highly antimicrobial effects [24]. In this
study, the inhibitory effects of limonene hydroperoxide were not observed, due to efficient product
extraction in the organic phase.

3.2. Progess to an Economic Limonene Production Process

The optimized bioreactor process described in this study resulted in limonene productivity
exceeding the threshold for developing a profitable production process for fine chemicals
(100 mg·L-1·h−1) [25] for the first time (Table 1). However, a techno-economic assessment stated
that a biotechnological production process for limonene needs to have a space-time yield above
700 mg·L−1·h−1 and a 45% carbon specific yield to be competitive with established processes [26].
While our process already shows more than a fifth of the space-time yield required, the conversion of
the carbon source into the product is still low, at less than 1%.

62



Molecules 2020, 25, 1881

T
a

b
le

1
.

Es
ch

er
ic

hi
a

co
li-

ba
se

d
fe

rm
en

ta
ti

on
se

tu
ps

fo
r

th
e

pr
od

uc
ti

on
of

lim
on

en
e.

S
tr

a
in

P
la

sm
id

S
y

st
e
m

M
e
d

iu
m

S
e
tu

p
c L

im
o

n
e

n
e

[m
g
·L−

1
]

S
T

Y
[m

g
·L−

1
h
−1

]
R

e
fe

re
n

ce

E.
co

li
D

H
1

pJ
BE

I-
64

09
EZ

-R
ic

h
/

gl
uc

os
e

Ba
tc

h—
Sh

ak
e

fla
sk

43
5

6
[8

]
E.

co
li

BL
21

(D
E3

)
pB

A
D

:L
S,

pE
T2

4:
A

G
PP

S2
M

9
/

gl
yc

er
ol

Fe
d-

ba
tc

h—
ST

R
13

50
23

[1
3]

E.
co

li
BW

25
11

3
(D

E3
)

pM
A

P6
,p

IS
P6

,p
N

LS
t1

Y
M

9
/

gl
uc

os
e

Fe
d-

ba
tc

h—
Sh

ak
e

fla
sk

12
90

15
[2

7]
E.

co
li

BL
21

(D
E3

)
pJ

BE
I-

64
10

M
9
/

gl
yc

er
ol

Fe
d-

ba
tc

h—
ST

R
36

30
15

1
Th

is
st

ud
y

ST
Y:

sp
ac

e-
ti

m
e

yi
el

d;
ST

R
:s

ti
rr

ed
ta

nk
re

ac
to

r.

63



Molecules 2020, 25, 1881

Different approaches to improve the yield have already been described. Non-growing but
metabolically active E. coli cells can boost the production of the desired product due to reduced energy
and carbon loss to biomass formation [28]. A fourfold increase in specific limonene yields relative to
biomass was accomplished with this strategy. Moreover, further pathway debottlenecking and the
optimization of the involved enzymes could increase the economics of the process. For example, the
exchange of the geranyl pyrophosphate synthase with a neryl pyrophosphate synthase from Solanum
lycopersicum led to increased limonene production with E. coli [27]. Another strategy to increase
the product titer and the specificity of monoterpenes in E. coli was described by Chacón et al. [29].
The monoterpene geraniol was converted to the monoterpenoid geranyl acetate with an in vivo
esterification and extracted in situ to an organic phase. Toxicity issues and the synthesis of by-products
could be circumvented, resulting in a monoterpenoid concentration of 4.8 g·L−1. Similar approaches to
the coupled synthesis and functionalization of limonene are described, which produce the valuable
monoterpenoid perillyl alcohol [8,30].

The highest yields with more than 95% and titers of 15 g·L−1 were achieved with a cell-free system
consisting of 27 purified enzymes, which convert glucose into monoterpenes [31]. Other systems which
incorporate acetic acid as a starting building block for the cell-free synthesis of terpenes are described
as well [32]. However, a major drawback is the need for purified enzymes, which are associated with
additional costs and the further input of glucose needed to produce them. The need for enzyme
purification can be avoided with the use of enzyme-enriched E. coli lysates, but this approach appeared
to suffer from low product titers of 90 mg·L−1 [33]. Moreover, the involved enzymes are considered to
have low stabilities in the in vitro environment, and cofactor regeneration could be a limiting aspect
in cell-free applications as well [32]. The expensive cofactors CoA and NADPH must be effectively
recycled in such systems, while the use of whole cells circumvents these drawbacks as the cofactors are
regenerated by the primary metabolism. Therefore, microorganisms are preferred as the biocatalyst for
the larger biotechnological production of limonene. Microbial hosts other than E. coli were recently
investigated as producer strains, such as the cyanobacterium Synechocystis sp. [34] or the oleaginous
yeast Yarrowia lipolytica [35], which was able to produce limonene from waste cooking oil. However,
product titers were orders of magnitude lower compared to the processes based on engineered E. coli.

Next to the selection and optimization of the production system, a feasible bioprocess with high
limonene titers involves the integrated development of in situ product removal strategies. Due to the
high volatility and inhibitory effects on cell growth, the capturing of limonene during fermentation
is required. Various methods are available, with two-liquid phase and gas stripping systems being
especially suitable at higher scales [36]. In particular, two-liquid phase systems have the advantage that
the products are effectively removed from the fermentation broth [37]. The choice of capturing method
is also dependent on the further application of the product. If limonene is subsequently used as a pure
compound, solvent-free systems might be the better choice, whereas application as an additive for, e.g.,
solvents might allow the use of the same solvent for in situ extraction [38]. In the present study, the in
situ product removal strategy in combination with an engineered E. coli strain and a glycerol-limited
fed-batch fermentation enabled the synthesis of the highest limonene concentration reported to date.
Steps towards an economic process were made, and the potential of integrating already generated
knowledge with the biotechnological production of terpenes was demonstrated.

4. Materials and Methods

4.1. Chemicals and Bacterial Strains

All chemicals used in this work were purchased from Carl Roth GmbH & Co. KG (Karlsruhe,
Germany) and Merck KGaA (Darmstadt, Germany).

E. coli BL21 (DE3) harboring the plasmid pJBEI-6410 was used for all experiments. pJBEI-6410
carries the genes for the MVA pathway, a geranyl pyrophosphate synthase, and the limonene
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synthase from Mentha spicata [8]. It was a gift from Taek Soon Lee (RRID:Addgene_47049;
http://n2t.net/addgene:47049).

4.2. Cultivation and Fermentative Limonene Production in Shake Flasks

For the cultivation in shake flasks, precultures were grown in 5 mL of LB medium (10 g·L−1

tryptone, 5 g·L−1 yeast extract, and 5 g·L−1 NaCl) with 100 μg·mL−1 ampicillin for 4 to 6 h at 37 ◦C
and shaking at 200 rpm. LB precultures were transferred 1:500 to 250 mL baffled Erlenmeyer flasks
with 50 mL M9 minimal medium (8.5 g·L−1 Na2HPO4 · 2H2O, 3 g·L−1 KH2PO4, 0.5 g·L−1 NaCl, 1 g·L−1

NH4Cl, 2 mL of 1 M MgSO4, and 1 mL of L−1 US* trace element solution) with either 0.5% w/v glucose
or 0.5% w/v glycerol as the sole carbon source. The cultures were incubated overnight at 30 ◦C with
shaking at 200 rpm. The M9 precultures were used to inoculate 80 mL of M9 minimal medium with the
0.5% w/v carbon source in 500 mL baffled shake flasks to an optical density of 0.11 at 600 nm (OD600).
The main cultivations were performed at 30 ◦C with shaking at 200 rpm. Heterologous gene expression
was induced by adding 0.1 mM isopropyl β-d−1-thiogalactopyranoside (IPTG) once an OD600 of
0.4–0.6 was reached. After induction, the cultures were overlaid with 20 mL of diisononyl phthalate
(DINP), and incubation was continued. For sampling, the phases were separated by centrifugation
(2 min, 4 ◦C, 11,000 × g). Prior to gas chromatography (GC) analysis, the organic phase was diluted in
diethyl ether with 0.2 mM dodecane and dried over anhydrous Na2SO4. The aqueous phase was used
for HPLC analysis. The cell dry weight was determined by measurement of the optical density at a
wavelength of 600 nm (Libra S11 Visible Spectrophotometer, Biochrom, Cambridge, UK). One OD600

unit corresponded to 0.312 gCDW L−1, with a linear range between 0.1 and 1.

4.3. Fermentative Limonene Production in a Stirred-Tank Reactor

Two-liquid phase fermentations at the bioreactor scale were carried out in a 3.1 L stirred-tank
reactor (KLF 2000, Bioengineering AG, Wald, Switzerland). The tank reactor was equipped with
two Rushton turbine stirrers. An M9 preculture was used to inoculate an initial batch cultivation,
which was performed in 1 L of M9 minimal medium containing a 1.5% w/v carbon source at a starting
OD600 of 0.11. The pH was set to 7.2 and controlled by the automatic addition of either 30% v/v
phosphoric acid or 25% v/v ammonia hydroxide solution. Batch cultures were incubated at 30 ◦C, with
shaking at 1800 rpm and an aeration rate of 1 vvm, until the batch phase was finished after 13 to 17 h
(indicated by a steep pO2 increase). Before the start of the carbon-limited fed-batch fermentation, 1 mL
of US* trace element solution was added. To keep the exponential growth rates between 0.18 and
0.2 h−1, a carbon-limited and controlled exponential feed with a 73% w/v carbon source and 19.6 g·L−1

MgSO4 · 7 H2O was started. The pO2 value was kept above 30% by adjusting the stirrer speed and the
aeration rate. If desired, recombinant gene expression was induced by adding 0.1 mM IPTG after 2 h
of exponential feeding, and 0.5 L of DINP were added subsequently. Antifoam A was added only in
cases of excessive foaming. Regular sampling was carried out as described above.

4.4. Quantification of Limonene

The quantification of limonene in DINP was carried out with GC using a TRACE GC Ultra (Thermo
Fisher Scientific Inc., Waltham, MA, USA), equipped with a FactorFour-5ms column (30 m, 0.25 mm,
0.25 μm, Varian, Inc., Palo Alto, CA, USA) and a flame ionization detector. Nitrogen was used as a
carrier gas and the injection volume was set to 1 μL (80 ◦C, 5 min; 80–140 ◦C, 7.5 ◦C·min−1; 140–300 ◦C,
40 ◦C·min−1; 300 ◦C, 5 min). Samples of the organic phase were prepared in diethyl ether containing
0.2 mM dodecane as an internal standard. The quantification of limonene was performed using a
standard curve of the ratio between commercial (S)-limonene (Merck KGaA, Darmstadt, Germany)
and the internal standard.
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4.5. Quantification of Glucose, Glycerol, Acetate, and Ammonia

The quantifications of glucose, glycerol, and acetate concentrations were performed by high
performance liquid chromatography (HPLC) with a LaChrome Elite HPLC system (VWR, Darmstadt,
Germany), equipped with a Trentec 308R-Gel.H column (Trentec Analysetechnik, Gerlingen, Germany)
and a refractive index detector. The mobile phase consisted of 5 mM sulphuric acid. An isocratic
method was used, with a flow rate of 1 mL min−1 and an injection volume of 20 μL. The column oven
was set to 40 ◦C. Eluted components were quantified using standard curves for glucose, glycerol,
and acetate.

Ammonia concentrations were determined by the method of Berthelot [39].
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Appendix A

Figure A1. Two-liquid phase shake flask fermentations with E. coli BL21 (DE3) pJBEI-6410 in M9
minimal medium with either 0.5% w/v glucose (closed symbols, •) or glycerol (open symbols, �) as the
sole carbon source. Cell dry weights were determined at regular intervals. The error bars relate to
biological duplicates.
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Abstract: Alkene cleavage is a possibility to generate aldehydes with olfactory properties for
the fragrance and flavor industry. A dye-decolorizing peroxidase (DyP) of the basidiomycete
Pleurotus sapidus (PsaPOX) cleaved the aryl alkene trans-anethole. The PsaPOX was semi-purified
from the mycelium via FPLC, and the corresponding gene was identified. The amino acid sequence
as well as the predicted tertiary structure showed typical characteristics of DyPs as well as a
non-canonical Mn2+-oxidation site on its surface. The gene was expressed in Komagataella pfaffii
GS115 yielding activities up to 142 U/L using 2,2′-azino-bis(3-ethylbenzthiazoline-6-sulphonic acid)
as substrate. PsaPOX exhibited optima at pH 3.5 and 40 ◦C and showed highest peroxidase activity in
the presence of 100 μM H2O2 and 25 mM Mn2+. PsaPOX lacked the typical activity of DyPs towards
anthraquinone dyes, but oxidized Mn2+ to Mn3+. In addition, bleaching of β-carotene and annatto
was observed. Biotransformation experiments verified the alkene cleavage activity towards the aryl
alkenes (E)-methyl isoeugenol, α-methylstyrene, and trans-anethole, which was increased almost
twofold in the presence of Mn2+. The resultant aldehydes are olfactants used in the fragrance and
flavor industry. PsaPOX is the first described DyP with alkene cleavage activity towards aryl alkenes
and showed potential as biocatalyst for flavor production.

Keywords: alkene cleavage; aryl alkenes; basidiomycota; biocatalysis; carotene degradation;
dye-decolorizing peroxidase (DyP); manganese; Komagataella pfaffii; Pleurotus sapidus

1. Introduction

Many small aromatic aldehydes and ketones are volatiles with olfactory properties and therefore
of high interest to the fragrance and flavor industry [1]. One method to generate aldehydes and
ketones is the oxidative cleavage of alkenes. Chemical options are ozonolysis, dihydroxylation
followed by oxidative glycol cleavage, or metal-based methods [2–4]. However, all of these methods
have disadvantages, such as the generation of explosive intermediates, the use of environmentally
unfriendly and/or toxic oxidants and metal catalysts, or low yield and low chemoselectivity [2].
An alternative is the application of enzymes due to their high chemo-, regio-, and stereospecificity
as well as the possibility to use mild reaction conditions [3]. Another advantage is the generation of
“natural” flavors according to effective legislation in Europe and the US. This becomes more and more
important considering the rising popularity of natural products [5]. Different proteins of different
enzyme classes, which are heme, non-heme iron, or non-iron metal dependent and have different
protein structures as well as different reaction mechanism are known to catalyze alkene cleavage
reactions [3]. Specifically, an isoeugnol and trans-anethole oxygenase from Pseudomonas putida and two
manganese dependent enzymes from Thermotoga maritima (manganese-dependent Cupin TM1459)
and Trametes hirsuta (Mn3+-dependent proteinase A homologue) oxidatively cleaved the benzylic
double bond of different aryl alkenes, such as isoeugenol and trans-anethole to form the respective
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aldehydes [6–9]. In addition, alkene cleavage activity towards aryl alkenes was also detected for several
peroxidases. Cleavage of different styrene derivatives was described for Coprinus cinereus peroxidase
and a human myeloperoxidase as minor side reaction [10], while horseradish peroxidase (HRP) showed
a chemoselectivity of 92% for the conversion of trans-anethole (90%) to p-anisaldehyde [11]. Furthermore,
transformations of o-ethylisoeugenol and trans-anethole to the corresponding benzaldehyde derivatives
by lignin peroxidases were described [3,11]. However, to our best knowledge no alkene cleavage
activity of a dye-decolorizing peroxidase (DyP) is known.

DyP-type peroxidases (EC: 1.11.1.19) are a new superfamily of heme peroxidases that
oxidize various dyes, in particular xenobiotic anthraquinone dyes, which are hardly oxidized
by other peroxidases [12]. Furthermore, typical peroxidase substrates, such as ABTS
(2,2′-azino-bis(3-ethylbenzthiazoline-6-sulphonic acid) and phenolic compounds are also substrates for
DyPs [13,14]. However, amino acid sequences, protein structures, and catalytic residues differ highly
between DyPs and other classes of heme peroxidases [15]. Typical structural characteristics of DyPs
are the ferredoxin-like fold, which is formed by two domains containing α-helices and four-stranded
antiparallel β-sheets, and a GXXGD motif [14,15]. The active site (heme pocket) including a catalytic
aspartic acid and arginine over the heme plane (distal) and proximal histidine is structurally similar to
other heme peroxidases, even though other peroxidases contain histidine instead of aspartic acid [16].
The proximal histidine in the heme pocket functions as the fifth ligand of the heme iron, while the
distal aspartic acid and arginine are involved in the activation of the enzyme [14,15]. The deprotonated
aspartic acid (or asparagine) mediates the rearrangement of a proton from hydrogen peroxide after
it enters the heme pocket in the resting state. This results in the heterolytic cleavage of hydrogen
peroxide to water and oxidation of the heme to the radicalic-cationic oxoferryl species Compound I by
two-fold single electron transfer [16]. Even though the distal arginine is not directly involved in the
rearrangement of hydrogen peroxide, it is essential for the coordination of hydrogen peroxide to the
heme iron and the stabilization of Compound I [16]. During the following reaction cycle, Compound I
is reduced by oxidation of two substrate molecules to the state during enzyme resting state in two
sequential steps with Compound II as intermediate. However, the existence of Compound II has not
been confirmed universally for all DyP-type peroxidases [17]. In the presence of excessive hydrogen
peroxide suicide inhibition was observed for different DyPs [18,19]. This is also well known for classical
peroxidases as a result of an inactive oxidative state (Compound III) and results from reaction of
hydrogen peroxide with Compound II [20,21].

The objective of the present study was to identify new enzymes of basidiomycetes with alkene
cleavage activity towards aryl alkenes. A screening was performed using trans-anethole as model
alkene. A new DyP-type peroxidase from P. sapidus was semi-purified and the coding gene was
identified. Heterologous expression resulted in the production of soluble protein and allowed the
biochemical characterization of the DyP. The enzyme was able to oxidize Mn2+, but did not catalyze the
degradation of anthraquinone dyes, which is typical for other DyPs. Biotransformation experiments
verified the cleavage activity towards different alkenes. This is the first study describing a DyP with
alkene cleavage activity towards aryl alkenes.

2. Results and Discussion

2.1. Purification and Identification of the Alkene Cleavage Activity

Within a screening of 17 basidiomycetes for alkene cleavage activity using the substrate
trans-anethole (Table S1) P. sapidus turned out to be a promising candidate for the production of
the desired activity. The lyophilized mycelium as well as the culture supernatant was examined for
the ability to cleave trans-anethole after submerged cultivation. The culture supernatant showed no
activity, whereas the incubation in the presence of the mycelium resulted in formation of 5.36 mM
p-anisaldehyde (molar yield of 79.03%; Figure 1).
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Figure 1. Bioconversion of trans-anethole by P. sapidus. (a) Alkene cleavage of trans-anethole resulted
in the formation of p-anisaldehyde. (b) GC-FID chromatogram of an n-hexane extract of the conversion
of the blank sample (blue) and after incubation with lyophilized mycelium of P. sapidus (orange).
Retention times: trans-anethole (11.53 min) and p-anisaldehyde (13.45 min).

For the identification of the enzyme catalyzing the trans-anethole cleavage, it was semi-purified
from the rehydrated mycelium by hydrophobic interaction and anion exchange chromatography (IEX).
During the purification, a high activity loss occurred, which resulted in low product concentrations
after conversion (Table S2). This was most likely a result of protein loss, enzyme degradation or
denaturation as described for other enzymes [22–24]. Another possibility is the loss of cofactors or
–substrates, such as metal ions or peroxides during the purification steps [6]. Addition of Mn2+ led
to a 15-fold increase in p-anisaldehyde concentration, which was further increased by addition of
hydrogen peroxide, indicating a cosubstrate dependency (Table S2). Chemical conversion by Mn2+

alone was excluded, while product formation was observed with hydrogen peroxide (18 μM), but with
a yield around 30-fold lower than the one for the enzymatic reaction (Table S2). Thus, the improved
bioconversion in the presence of Mn2+ and hydrogen peroxide was verified to be the result of an
increased enzyme activity.

A class of fungal enzymes that requires hydrogen peroxide and some of which need Mn2+ for
catalysis are peroxidases [12,25,26]. The anion exchange fractions, which showed alkene cleavage
activity, also exhibited peroxidase activity, thus verifying the presence of a peroxidase. For visualization
of the activity, a semi-native PAGE was performed and stained with ABTS in the presence of hydrogen
peroxide (Figure 2). Two peroxidases running at 45 and 52 kDa were detected. The respective protein
bands stained with Coomassie Brilliant Blue were excised for electrospray ionization tandem mass
spectrometry. Due to the low protein concentration of the 52 kDa band, no meaningful peptides were
found (Figure 2, lane 1). This paper presents the data obtained for the protein running at 45 kDa
(Figure 2, arrow).

Three tryptic peptides (EGSELLGAR, DGSFLTFR, and SGAPIEITPLKDDPK) were identified by
ESI-MS/MS. Homology searches against the public database NCBI using the mascot search engine
(Matrix Science, London, UK) identified a DyP-type peroxidase of P. ostreatus PC15 (Pleos-DyP4 [27];
GenBank accession no. KDQ22873.1), a close relative of P. sapidus, as the best hit.
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Figure 2. Semi-native PAGE of the active fraction after purification of the alkene cleavage enzyme from
P. sapidus by IEX. 1: gel stained with Coomassie Brilliant Blue; 2: gel stained with ABTS in the presence
of hydrogen peroxide, M: pre-stained molecular mass marker. An arrow and a box marks the protein
that was successfully identified by sequencing.

2.2. Amplification and Expression of PsaPOX

Specific primers successfully amplified the 1512 bp coding region of the gene from P. sapidus.
The translated amino acid sequence of 504 aa contained the peptide fragments that were obtained by
ESI-MS/MS and showed highest identity (94%) to the sequence of Pleos-DyP4 (Figure 3), which has not
been investigated for its alkene cleavage activity against trans-anethole or other substrates before [27,28].
In our hands, P. ostreatus showed a weaker trans-anethole cleavage activity, too (Table S1). Identity of
the P. sapidus peroxidase (PsaPOX) to other DyPs and proteins was lower than 60%. A sequence
alignment with other DyPs (Figure 3) confirmed that PsaPOX exhibited the typical GXXGD motif and
all important residues known for the catalytic activity of DyPs, such as the proximal histidine (His-334)
(fifth ligand of heme iron) and distal Asp-196 and Arg-360 involved in the activation of the enzyme
(formation of compound I) by H2O2 cleavage [14,15]. Furthermore, Trp-405 was identified as a homolog
to the surface exposed Trp-377 of AauDyP of Auricularia auricula-judae, which serves as an oxidation
site for bulky substrates such as Reactive blue 19 (RBB19) using a long-range electron transfer [29].
Comparison of the PsaPOX and Pleos-DyP4 sequence indicated that PsaPOX exhibited a non-canonical
Mn2+-oxidation site on its surface (Asp-215, Glu-345, Asp-352 and Asp-354; Trp-339 participates in the
electron transport from the oxidation site to the heme) like Pleos-DyP4 [28] and can oxidize Mn2+ to
Mn3+, which is known for a few fungal DyPs only [24,27,30,31].

A structural homology model of PsaPOX (Figure S1), which was generated using the X-ray crystal
structure of Pleos-DyP4 (PDB-ID 6fsk) on the SWISS-MODEL server, possessed typical characteristics
of the DyP-type peroxidase family (N- and C-terminal ferredoxin-like domain, each formed by
four-stranded antiparallel β-sheets and several α-helices) [15] and supported the classification of
PsaPOX as DyP. Furthermore, the analysis of the amino acid sequence using PeroxiBase [32] related
the P. sapidus peroxidase (PsaPOX) to the class “DyP-type peroxidase D”. As known from literature,
DyPs differ significantly in amino acid sequence, tertiary structure, and catalytic residues from other
representatives of the heme peroxidases, such as HRP, human myeloperoxidase, lignin peroxidase,
or Coprinus cinereus peroxidase [12,15,33], all of which are able to cleave trans-anethole or structurally
related alkenes [10,11]. So far no DyP is known to catalyze the mentioned reaction.
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Figure 3. Alignment of alkene cleaving peroxidase from P. sapidus (PsaPOX) with the Pleos-DyP4
of P. ostreatus (PosDyP; KDQ22873.1) and other characterized DyPs. AgaDyP: Armillaria gallica
(PBK80505.1), VvoDyP: Volvariella volvacea (AKU04643.1), CtrDyP: Coriolopsis trogii (AUW34346.1),
GluDyP: Ganoderma lucidum (ADN05763.1), and TveDyP: Trametes versicolor (XP_008039377.1).
Inverted triangles show amino acids important for heme binding (histidine (magenta) functions
as ligand for heme and the four other amino acid residues form a hydrogen peroxide binding pocket).
Aspartic acid, which forms a hydrogen bond with histidine to stabilize compound I (oxidized heme
after transfer of two electrons to H2O2) is shown in grey. The black box indicates the GXXDG motif
containing the catalytic aspartic acid residue (yellow), which cleaves H2O2 heterolytically with the
help of the neighboring arginine (green) to form compound I, and the circle presents an exposed
tryptophan potentially involved in an LRET (long range electron transfer). Important amino acids
for Mn2+-oxidation are highlighted in cyan; asterisks indicate conserved residues, colons equivalent
residues and dots partial residue conservation. Peptides identified by protein sequencing are underlined.
Alignment was performed with Clustal Omega (European Bioinformatics Institute, Hinxton, UK).
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2.3. Production and Purification of the Recombinant PsaPOX

The PsaPOX gene was amplified and cloned into the K. pfaffii expression vector pPIC9. The initial
expression of the gene yielded average peroxidase activities of 65 U/L after 72 h of cultivation. The best
performing colonies produced activities up to 142 U/L, indicating a multiple insertion of the expression
construct [34]. Similar results were obtained for the heterologous production of a DyP from Funalia
trogii in K. pfaffii previously [24]. Further experiments were performed using the clone with the highest
peroxidase activity for maximum protein production.

The recombinant peroxidase was purified by Ni-NTA affinity. Using SDS-PAGE, a molecular
mass of around 61 kDa was determined (Figure 4a), which is slightly higher than the calculated
molecular mass of 54.9 kDa (ExPASy). In addition, the native recombinant enzyme was detected
at 52 kDa after semi-native PAGE, while the native wild-type enzyme showed a band at 45 kDa
(Figures 2 and 4b). Deglycosylation by endoglycosidase H (EndoH) showed that the higher molecular
mass was attributed to post-translational modifications by K. pfaffii, as has been described for other
proteins [35,36]. The wild-type peroxidase, on the contrary, was not glycosylated (see Figures 2 and
4b). That is uncommon for DyPs, which usually exhibit a carbohydrate content of 9 to 30% [12].
The molecular mass of the monomeric PsaPOX was similar to other DyP-type peroxidases [12].

Figure 4. Purification of the recombinant PsaPOX by Ni-IMAC. (a) SDS-PAGE stained with Coomassie
Brilliant Blue. 1: flow through, 2: elution fraction, 3: elution fraction incubated with EndoH, 4: EndoH,
M1: molecular mass marker. (b) Semi-native PAGE stained with ABTS in the presence of hydrogen
peroxide. 5: elution fraction, 6: elution fraction incubated with EndoH, M2: pre-stained molecular
mass marker. (c) Isoelectric focusing gel. 7: elution fraction stained with phenylendiamine in the
presence of urea peroxide. M3: standard protein marker for isoelectric focusing stained with Coomassie
Brilliant Blue.

Analysis of the purified recombinant peroxidase by isoelectric focusing indicated an isoelectric
point around pH 6.7 (Figure 4c), which differs slightly from the calculated value of 6.28 (ExPASy),
but was similar to the isoelectric point of another DyP-type peroxidase from P. sapidus [19]. Most other
proteins belonging to the DyP-type peroxidase family showed lower values (pI 3.5-4.3, [12]).

2.4. Biochemical Characterization of PsaPOX

The influence of pH and temperature on PsaPOX activity and stability was determined using
ABTS in the presence of hydrogen peroxide as substrate (Figure 5). The enzyme showed a pH optimum
of 3.5 while more than 50% of activity was conserved between pH 3 and 5 (Figure 5a). At lower or
higher pH values of ≤ 25% of activity remained, most likely due to conformational changes of the
enzyme. The results were consistent with the findings for other fungal DyPs, which had pH optima in
the range between pH 2 and 5 [13,19,27]. PsaPOX showed the highest pH stability with a residual
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peroxidase activity of ≥90% between pH 2.0 and 5.5 after 1 h of incubation (Figure 5c). At pH values
higher than six, near the isoelectric point, the stability decreased drastically, probably due to a reduced
solubility and changes of the protein structure, which may have resulted in protein aggregation.

Figure 5. Influence of pH and temperature on activity and stability of PsaPOX. The pH optimum
(a) was determined to be 3.5 and the temperature optimum (b) 40 ◦C. Relative peroxidase activity
[%] was defined as the percentage of activity detected with respect to the highest activity in each
experiment. pH stability (c) was determined after incubation of PsaPOX in Britton Robinson buffer
ranging from pH 2.0 to 9.5 for 1 h at RT and temperature stability (d) after incubation at 20 to 90 ◦C
and pH 3.5 for 1 h. Residual activities were determined at pH 3.5 and 40 ◦C. Values are the average of
triplicate experiments with standard deviations shown as error bars.

Peroxidase activity of PsaPOX increased with rising temperature, reaching its maximum at 40 ◦C
(Figure 5b), which was similar to the optimum (30–40 ◦C) of a recombinant DyP from P. ostreatus [13],
but higher than the optimum (RT) of another DyP-type peroxidase of P. sapidus produced heterologously
in Escherichia coli [37]. With further temperature increase, the peroxidase activity of PsaPOX decreased
continuously. The temperature stability of PsaPOX was determined after an incubation for 1 h at
different temperatures (Figure 5d). The enzyme was relatively stable at temperatures from 20 to 60 ◦C
with a residual activity ≥80%. At higher temperatures, a high loss of activity was observed due to
protein denaturation, resulting in residual activities <5%. The temperature stability of PsaPOX was
higher than the stabilities of DyPs from Bjerkandara adusta and Auricularia auricular-judae, which were
produced heterologously in E. coli (residual activity ≥80% and <5% after 1 h at 20–50 ◦C and 60 ◦C,
respectively [13]), and of a DyP from P. sapidus produced in Trichoderma reesei (residual activity ≥80%
and <65% after 5 min at 15-45 ◦C and 50 ◦C, respectively [19]).

As mentioned above, the addition of hydrogen peroxide as well as Mn2+ led to an increase of the
product concentration for the biotransformation of trans-anethole using the lyophilized mycelium of
P. sapidus containing the wild-type PsaPOX (Table S2). For this reason, the hydrogen peroxide and
Mn2+ dependencies were examined for the recombinant enzyme using ABTS as substrate at optimal
pH and temperature (Figure 6). As expected, no peroxidase activity was detectable without hydrogen
peroxide. The activity rose with increasing peroxide concentration and reached its optimum in the
presence of 100 μM H2O2 (Figure 6a). An increase of the hydrogen peroxide concentration led to a
continuous activity decrease. Suicide inhibition in the presence of excess hydrogen peroxide is well
known for classical peroxidases as a result of the formation of an inactive oxidative state (Compound
III) by reaction of H2O2 and Compound II [20,21], even if the existence of Compound II has not
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been confirmed for DyP-type peroxidases universally [17]. However, inhibition of other DyPs in the
presence of higher hydrogen peroxide concentrations has been reported [18,19].

Figure 6. Effect of hydrogen peroxide (a) and Mn2+ concentration (b) on the activity of PsaPOX.
Relative peroxidase activity [%] was defined as the percentage of activity detected with respect to the
highest activity obtained in each experiment. Values are the average of triplicate experiments with
standard deviations shown as error bars.

Investigation of the Mn2+ dependency (Figure 6b) showed that PsaPOX activity rose with
increasing Mn2+ concentration, but was not completely dependent on the addition of Mn2+. 30% of
peroxidase activity were detected without addition of Mn2+. PsaPOX reached the maximal activity in
the presence of 25 mM Mn2+. Evaluation of Mn3+ formation by Mn2+ oxidation revealed a manganese
peroxidase activity of 0.4 U compared to 1 U of peroxidase activity using ABTS as substrate. This result
fits the prediction of a Mn2+ oxidation site. Only a few fungal DyPs are known to catalyze the oxidation
of Mn2+ [24,27,30,31]. Calculation of kinetic constants (Table 1) showed that the catalytic efficiency of
PsaPOX towards Mn2+ was similar to the one of Pleos-DyP1 from P. ostreatus and Ftr-DyP from Funalia
trogii [24,27]. However, the catalytic efficiency of Pleos-DyP4 was higher [27].

Table 1. Michaelis constants (Km), catalytic constants (kcat), and catalytic efficiencies (kcat/Km) for
PsaPOX using ABTS, Mn2+, Reactive blue 19 (RB19), and Reactive black 5 (RB5) as substrate. Values are
the average of triplicate experiments with indication of standard deviations.

Substrate Km (μM) kcat (s−1) kcat/Km (s−1 mM−1)

ABTS 37 ± 4 6.8 ± 0.2 184 ± 5
Mn2+ 1025 ± 79 7.2 ± 0.1 7 ± 0.1
RB19 n. d. - -
RB5 n. d. - -

n. d.: no activity was detected.

Kinetic parameters were also calculated for the oxidation of ABTS at optimal conditions (Table 1).
The affinity of PsaPOX to ABTS (37 μM) was similar to a DyP from Irpex lacteus (28 μM), but higher in
comparison to the FtrDyP from F. trogii (182 μM) and the Pleos-DyP2 from P. ostreatus (787 μM) [18,24,27].
In contrast, the catalytic efficiency of PsaPOX (184 s−1 mM−1) was lower than the efficiency of the DyP
from Irpex lacteus (8000 s−1 mM−1) and Pleos-DyP4 (352 s−1 mM−1), but higher than the efficiency of the
FtrDyP (54 s−1 mM−1).

It is known that DyP-type peroxidases typically oxidize anthraquinones and other dyes. Exemplary,
decolorization of Reactive blue 19 (anthraquinone dye) and Reactive black 5 (recalcitrant azo dye)
by recombinant PsaPOX (1 U/L) was tested. Unexpectedly, PsaPOX showed activity for neither of
the substrates (Table 1), although the protein sequence and tertiary structure as well as the presence
of typical catalytic residues and the GXXDG motif identified the enzyme as a DyP-type peroxidase.
However, Pleos-DyP1 from P. ostreatus and TvDyP1 from Trametes versicolor also did not oxidize the
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high redox-potential Reactive black 5, although they degraded Reactive blue 19 [27,30]. A missing
activity against Reactive blue 19 or another anthraquinone has not been described for a fungal or class
D type DyP before, but one bacterial DyP of Pseudomonas fluorescens (DyP2B, DyP typ class B) is known
not to oxidize the anthraquinone dye Reactive blue 4 [38].

2.5. Alkene Cleavage Activity of PsaPOX

To prove the ability of PsaPOX to convert trans-anethole to p-anisaldehyde, biotransformation
experiments were performed at optimal conditions using 1 U/mL peroxidase activity. Substrate cleavage
was detected in the presence of hydrogen peroxide (Table S3), whereas no activity was observed in
its absence as expected from the peroxidase activity measurement with ABTS (Figure 6a). Due to the
fact that the semi-purified wild-type DyP showed an alkene cleavage activity without addition of
hydrogen peroxide (see Table S2) a low amount of H2O2 must have been present in the analyzed IEX
fraction. This was verified by incubation of the fraction with o-dianisidine and HRP in the presence of
trans-anethole. Oxidation of o-dianisidine by HRP, which requires H2O2 as cosubstrate, and formation
of a red-brown reaction product occurred (Figure S2). Further, analysis of the IEF fraction regarding a
hydrogen peroxide producing enzyme revealed a hypothetical protein from P. ostreatus (KDQ29984.1).
It belongs to the glucose-methanol-choline (GMC) oxidoreductase family as evident from the best hit for
the protein band at 75 kDa (Figure 2, lane 1) according to protein sequencing (identified tryptic peptides:
AADLIK, AIAVEFVR, ELGGVVDTELR, AQYDAWAELNR, VADASIIPIPVSAHTSSTVYMIGER,
DLASGDPHGVGVSPESIDVTNYTR, VLGGSTTINAMLFPR, EVVVSAGTIGTPK) and homology search
against the public database NCBI (Figure S3). The protein contained seven of the eight tryptic peptides
identified for the 75 kDa band. The last one was found with an amino acid exchange (Arg instead of
Lys), which is most likely a result of the different fungal strains the proteins originate from. The protein
from P. ostreatus showed >92% identity to another hypothetical GMC oxidoreductase from P. ostreatus
and ≥55% identity to a glucose oxidase from Moniliophthora roreri and other fungal alcohol oxidases
(Figure S3), which belong to the GMC oxidoreductase family and are known for the production of
hydrogen peroxide during substrate oxidation. Thus, the oxidase (75 kDa band) most likely produced
the detected hydrogen peroxide, which was subsequently used as cosubstrate by the wild-type PsaPOX.
Due to the fact that the formation of p-anisaldehyde by the oxidase under production of H2O2 seemed
highly unlikely and as no further oxidation products of trans-anethole were detected, trans-anethole
was excluded as substrate. Instead, the buffer component Bis-Tris, which contains several alcohol
groups, or carbohydrate functionalities of other proteins in the IEX fraction were assumed to be used
as substrate by the oxidase.

As described for the wild-type DyP the p-anisaldehyde concentration increased for the
biotransformation with the recombinant enzyme in the presence of 25 mM Mn2+ (Table S3). However,
product formation in general was low. The residual peroxidase activity was determined during
the biotransformation of trans-anethole (Figure S4). After 16 h, 62% of the activity remained,
thus inactivation of the enzyme was not responsible for the relatively low product yields.

PsaPOX (1 U/mL) was further examined for alkene cleavage activity regarding other substrates
in the presence of hydrogen peroxide and Mn2+. The aryl alkenes (E)-methyl isoeugenol as well as
α-methylstyrene, which are derivatives of trans-anethole, were converted to the expected products
(veratraldehyde and acetophenone), while piperine was not cleaved (Figure 7a). However, the resulting
product concentration was fivefold lower for the biotransformation of (E)-methyl isoeugenol and
more than tenfold lower for the conversion of α-methylstyrene than for trans-anethole. Different
substrate specificities were also observed for the alkene cleavage by other peroxidases, such as HRP,
Coprinus cinereus peroxidase, and a human myeloperoxidase [10,11], but a conversion of aryl alkenes
using a DyP-type peroxidase has not been described before.
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Figure 7. Alkene cleavage activity of PsaPOX on different substrates in the presence of 100 μM H2O2

and 25 mM MnSO4 at pH 3.5. (a) Product concentration after conversion of trans-anethole (6.7 mM) to
p-anisaldehyde, (E)-methyl isoeugenol (6.7 mM) to veratraldehyde, and α-methylstyrene (6.7 mM) to
acetophenone by PsaPOX (1 U/mL) at RT. The presented product concentrations are the differences
between the values determined for the reaction with the active and heat inactivated enzyme (blank) (the
original values are shown in Table S4). (b) Decolorization of 7% (v/v) β-carotene and 7% (v/v) annatto by
PsaPOX (1 U/L) at 40 ◦C. Cleavage of carotenoids was shown as extinction decrease per min. Values
are the average of triplicate experiments with standard deviations shown as error bars.

In addition to the described substrates, PsaPOX (1 U/L) also showed an alkene cleavage activity
towards the natural dyes β-carotene and annatto (mixture of the xanthophylls bixin and norbixin),
which was detected by substrate bleaching (Figure 7b). The activity for annatto was higher than
for β-carotene. Cleavage of β-carotene and annatto is also known for other fungal DyPs [19,39–41].
For example, cleavage of β-carotene by a DyP from Lepista irina resulted in formation of the volatiles
β-ionone, β-cyclocitral, dihydroactinidiolide, and 2-hydroy-2,6,6-trimethylcyclohexanone [41].

3. Materials and Methods

3.1. Chemicals and Materials

Chemicals were obtained from Sigma-Aldrich (Seelze, Germany), Carl-Roth (Karlsruhe, Germany),
or Merck (Darmstadt, Germany) in P. a. quality. Enzymes were from Thermo Fisher Scientific
(Braunschweig, Germany), if not stated otherwise. PCR primers were obtained from Eurofins MWG
Operon (Ebersberg, Germany).

3.2. Cultivation of P. sapidus

P. sapidus (Deutsche Sammlung von Mikroorganismen und Zellkulturen GmbH, DSMZ,
strain no. 2866) was pre-grown on 1.5% (w/v) agar plates with standard nutrient liquid (SNL) medium
and maintained at 4 ◦C until use [39]. For pre-cultivation, 1 cm2 of grown agar was transferred to 100 mL
SNL medium and homogenized using an Ultraturrax homogenizer (ART Prozess- & Labortechnik,
Müllheim, Germany). The pre-cultures were incubated for 5 days at 150 rpm and 24 ◦C. Afterwards,
6.5 g of pre-grown mycelium was used to inoculate 250 mL SNL. The main culture was incubated
at 150 rpm and 24 ◦C. After six days, the mycelium was separated from the culture supernatant by
centrifugation (5000× g, 4 ◦C, 15 min) and lyophilized as described elsewhere [42].

3.3. Purification Strategy

Ten g of lyophilized mycelium were re-suspended in 400 mL buffer A (50 mM Bis-Tris, pH 6.0,
1 M (NH4)2SO4) and extracted for 1 h at 4 ◦C in horizontal position in an orbital shaker. Insoluble
components were removed by centrifugation (5000× g, 4 ◦C, 15 min) followed by filtration (PES filter,
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0.45 μm, Merck). Subsequently, 80 mL filtered supernatant were applied on a Phenyl Sepharose fast
flow column (20 mL, GE Healthcare Bio-Sciences AB, Uppsala, Sweden) pre-equilibrated with buffer A.
After the column was washed with buffer A, the active enzyme was eluted with a linear gradient (130 mL,
100–0% buffer A) with 100% distilled water at a constant flow rate of 2 mL/min. Active fractions were
pooled, desalted and concentrated by ultrafiltration (3 kDa cut off, polyethersulfone (PES), Sartorius,
Göttingen, Germany). Concentrate (20 mL) was diluted two times with 20 mM sodium acetate pH
4.0 (buffer B) and loaded onto three linked HiTrap SP Sepharose columns (1 mL, GE Healthcare
Bio-Sciences AB) pre-equilibrated with buffer B. Proteins were eluted with a stepwise ionic strength
gradient (0, 20, 100% buffer C: 20 mM sodium acetate pH 4.0, 1 M NaCl) with 100% buffer C at a
constant flow rate of 1 mL/min.

3.4. Gel Electrophoresis

SDS-PAGE analysis was performed as described elsewhere [43]. Semi-native PAGE was performed
under non-denaturing conditions using 12% gels. For this, samples were prepared with a native
loading buffer (without DTT and without 2% (w/v; 6.9 mM) SDS) and gel electrophoresis was performed
at 10 mA per gel and 4 ◦C. Gels were stained with 0.5 mM ABTS (dissolved in 100 mM sodium
acetate buffer pH 3.5 or 4.5) in the presence of 100 μM hydrogen peroxide for detection of peroxidases.
For deglycosylation, samples were treated with 1 μL (500 U) endoglycosidase H (EndoH, New England
BioLabs, Ipswich, MA, USA) in 20 μL for 2 h at 37 ◦C before gel electrophoresis.

3.5. Isoelectric Focussing

Analytical isoelectric focusing polyacrylamide gel electrophoresis was performed on a HPETM

BlueHorizonTM system (Serva Electrophoresis GmbH, Heidelberg, Germany) using ServalytTM

PrecotesTM Precast Gels (Serva Electrophoresis GmbH) with an immobilized pH gradient of pH
3 to 10. To determine the isoelectric points of the enzymes, marker proteins (IEF-Marker 3-10,
Serva Electrophoresis GmbH) were used. Gels were stained with Coomassie Brilliant Blue, or for
specific visualization of peroxidases, with 1% (w/v; 9.2 mM) phenylendiamine and 1% (w/v; 10.6 mM)
urea peroxide (dissolved in 100 mM sodium acetate buffer pH 3.5) at RT until a yellow band
was observed.

3.6. Peptide Mass Fingerprinting

Protein bands were excised from SDS gels, dried, and tryptically hydrolysed. The resulting
peptides were extracted and purified according to standard protocols and the amino acid sequence
was analyzed with electrospray ionization-tandem mass spectrometry (ESI-MS/MS) using a maXis
quadrupole time of flight (QTOF) mass spectrometer (Bruker, Bremen, Germany) as described
previously [43,44]. The obtained partial sequences of PsaPOX and of the oxidase were used for a
similarity search against public databases (NCBI BlastP).

3.7. cDNA Synthesis and Gene Amplification

Isolation of total RNA from mycelium of P. sapidus at culture day six and cDNA synthesis were
performed as described previously [13] using the primer 5′-AAGCAGTGGTATCAACGCAGAGT
ACGCTTTTTTTTTTTTTTTTTTT-3′ for reverse transcription. Specific primers for gene amplification
were deduced from the ORF-start (P1: 5′-ATGACTACACCTGCACCACCCCTCGACCTC-3′) and -stop
(P2: 5′-TCAAGCAGAGATTGGAGCTTGGGTSWGAGGA-3′) region of the homologous peroxidase of
Pleurotus ostreatus PC15 (GenBank accession no. KDQ22873.1). PCRs were performed with Phusion
High-Fidelity DNA Polymerase and the Master Cycler gradient (Eppendorf, Hamburg, Germany)
as described elsewhere [45]. The cycler program was as follows: denaturation for 2 min at 98 ◦C,
35 cycles at 98 ◦C for 1 min, 62 ◦C for 30 s and 72 ◦C for 90 s, and a final elongation at 72 ◦C for 10 min.
Analysis of PCR products, ligation, transformation in Escherichia coli, colony PCR, and sequencing
were performed as described by Behrens et al. [13]. Translation of DNA sequences was performed
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using SnapGene® (GSL Biotech LLC, Chicago, IL, USA). Sequence homology was examined using
BLAST [46]. Alignments were produced by ClustalOmega [47].

3.8. Heterologous Expression of PsaPOX in Komagataella pfaffii

The gene of PsaPOX was amplified with a C-terminal 6x His tag using the
primers PsaPOX_fw 5′-AAAAAGAATTCatgactacacctgcaccacccctcgacctcaacaa-3′ and PsaPOX_rev
5′-atatatGCGGCCGC tcaGTGGTGATGGTGATGATGggtagagatcggagcctgggcctg-3′ (underlined are
the EcoRI and NotI restriction sites, respectively; lower cases represent parts of the coding PsaPOX).
In addition, it was inserted in frame with the Saccharomyces cerevisiae α-factor secretion signal
sequence into the K. pfaffii pPIC9 expression vector (Invitrogen, Karlsruhe, Germany). The resulting
expression construct pPIC-PsaPOX-His was transformed into E. coli TOP10 for vector propagation,
isolated (NucleoSpin, Macherey-Nagel, Düren, Germany), linearized with PmeI, and used for
transformation of K. pfaffii GS115 according to a standard protocol [48]. The linearized empty
vector was transformed in the same way and served as negative control. Forty-eight transformants
were tested for peroxidase activity after selection according to their ability to grow on histidine-deficient
agar plates in 96-well plates for 120 h, as described elsewhere [49]. Gene expression was induced by
daily addition of 1% (v/v) methanol.

3.9. His-Tag Purification of Recombinant PsaPOX

For purification of the His-tag labelled recombinant enzyme from K. pfaffii culture supernatant,
Ni-NTA affinity chromatography was used according to Nieter et al. [50].

3.10. Biotransformation

Transformation of trans-anethole was carried out in 4 mL gas tight glass vials in horizontal position
at a shaking rate of 200 rpm for 16 h at RT in the absence of light. Reaction mixtures contained 30 mg
P. sapidus lyophilisate or 100 μL liquid sample buffered in Bis-Tris (50 mM, pH 6) with or without
addition of 1 mM manganese sulfate in a total volume of 1 mL and 1 μL (6.7 mM) trans-anethole. Blanks
(chemical: without lyophilisate or liquid sample; biological: with heat inactivated mycelium (1 h at
95 ◦C)) were performed the same way. All experiments were performed as duplicates. After incubation,
trans-anethole and its conversion product p-anisaldehyde were extracted with 1 mL hexane containing
100 mg/L (1 mM) cyclohexanol as internal standard (IS). The organic phase was dried with anhydrous
sodium sulfate and subsequently analyzed by gas chromatography (GC). GC measurements were
performed with an Agilent 7890 instrument equipped with a DB-WAX UI column (30 m × 0.32 mm,
0.25 μm, Agilent, Santa Clara, CA, USA), a split/splitless injector port (1:5) and a flame ionization
detection (FID) system. Hydrogen was used as carrier gas at a constant flow rate of 2.1 mL per minute.
One μL sample was injected via an autosampler and measured using the following method: 40 ◦C
(3 min), a temperature increase of 10 ◦C per minute until 230 ◦C and a final hold time of 10 min.
The trans-anethole and p-anisaldehyde were semi-quantified referring to the area of the internal
standard. Biotransformation products were identified using standards and comparison of retention
indices with literature.

3.11. Enzyme Activities

Total peroxidase activity was determined photometrically (EONTM High Performance Microplate
Spectrophotometer, BioTek Instruments GmbH, Bad Friedrichshall, Germany) by monitoring the
oxidation of ABTS in the presence of hydrogen peroxide at 420 nm (ε420 = 3.6 × 104 M−1 cm−1) and
30 ◦C for 10 min. For this, the samples were mixed with sodium acetate buffer (100 mM, pH 4.0 or
pH 3.5), 0.1 mM hydrogen peroxide, and 0.5 mM ABTS in a total volume of 300 μL. One unit of enzyme
activity was defined as 1 μmol substrate oxidized per minute under the experimental conditions.

To determine manganese peroxidase activity, samples were mixed with manganese sulfate (1 mM),
malonate buffer (100 mM, pH 3.5), and hydrogen peroxide (0.1 mM) in a total volume of 300 μL.
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Mn3+ formation was monitored photometrically at 270 nm (ε270 = 1.16 × 104 M−1 cm−1) and 30 ◦C for
30 min. One unit of enzyme activity was defined as 1 μmol Mn3+ per minute released by manganese
peroxidases at the given conditions.

Decolorization of Reactive blue 19 (RB19, 150 μM) and Reactive black 5 (RB5, 80 μM) by PsaPOX
(1 U/L; 0.25 mg/L) was tested. The respective anthraquinone dye and the enzyme was incubated in the
presence of 100 μM hydrogen peroxide, 25 mM manganese sulfate, and 100 mM sodium acetate buffer
pH 3.5 in a total volume of 300 μL at 40 ◦C for 20 min. Decolorization was monitored photometrically
at 595 nm (RB19; ε595 = 1.0 × 104 M−1 cm−1) or 598 nm (RB5; ε598 =3.0 × 104 M−1 cm−1). One unit of
enzyme activity was defined as 1 μmol dye degraded per minute at the given conditions.

All enzyme assays were performed as triplicates. Blanks were carried out with water instead of
enzyme and by omission of hydrogen peroxide.

3.12. Biochemical Characterization of PsaPOX

Effects of pH and temperature on peroxidase activity of PsaPOX (0.25 mg/L) were analyzed
with ABTS as substrate as described above (see “4.11”). Relative activities were normalized to the
highest activity and residual activities to the initial activity prior incubation. The pH optimum was
determined using Britton-Robinson buffer [51] in a range of pH 2.0–9.5 instead of sodium acetate
buffer. For determination of the temperature optimum the activity assay was performed at different
temperatures (20–90 ◦C) at pH 3.5, whilst for analysis of the temperature stability the enzyme was
incubated for 1 h at 20–90 ◦C prior enzyme activity measurement at pH 3.5 and 40 ◦C. For the analysis
of pH-stability PsaPOX was incubated in Britton-Robinson buffer from pH 2.0 to 9.5 for 1 h at RT before
the peroxidase activity was examined at pH 3.5 and 40 ◦C.

Hydrogen peroxide as well as Mn2+ dependency of PsaPOX were determined for PsaPOX by
evaluation of peroxidase activity as described above (“4.11”) with changing hydrogen peroxide
and manganese sulfate concentrations (H2O2: 0–1 mM H2O2, without addition of MnSO4; Mn2+:
100 μM H2O2, 0–100 mM MnSO4) at optimal pH and thermal conditions. Kinetic constants of
PsaPOX were calculated for Mn2+ and ABTS (0–300 μM ABTS in the presence of 100 μM H2O2 and
25 mM MnSO4) by SigmaPlot 12.5 (Systat Software Inc., Chicago, IL, USA) with nonlinear regression.
Protein concentrations were determined according to Lowry et al. [52] using bovine serum albumin
as standard.

3.13. Alkene Cleavage Activity of PsaPOX

The purified recombinant PsaPOX was used for transformation of trans-anethole as mentioned
above (“4.10”) to confirm alkene cleavage activity. For this, 1 U/mL (0.25 mg/mL) of enzyme was
used for biotransformation. Biotransformation was performed with 100 mM sodium acetate buffer
pH 3.5 in the presence of 100 μM hydrogen peroxide and 25 mM manganese sulfate at RT for 16 h.
Biotransformation of the alkenes methyl isoeugenol (6.7 mM), α-methylstyrene (6.7 mM), and piperine
(0.7 mM) was tested accordingly. Blanks were performed without enzyme (chemical blank) or with
heat inactivated enzyme (1 h at 95 ◦C, biological blank). The determined product concentrations for
the blanks were subtracted from the concentrations yielded for the reaction with the active enzyme to
calculate the enzymatically generated product concentration. For carotene degradation, a β-carotene
emulsion was prepared according to Linke et al. [43]. 7% (v/v) of β-carotene emulsion or annatto
(Chr. Hansen, Nienburg, Germany, Prod. No. 240569), 100 μM hydrogen peroxide, 25 mM manganese
sulfate, 100 mM sodium acetate pH 3.5, and 1 U/L (0.25 mg/L) PsaPOX in a total volume of 300 μL was
incubated at 40 ◦C for 20 min. Alkene cleavage of both substrates was measured photometrically as
extinction decrease at 455 nm.

3.14. Detection of Hydrogen Peroxide

For the detection of H2O2, 75 μL IEX fraction, 50 mM Bis-Tris pH 6.0, 6.7 mM trans-anethole,
10 U/mL HRP (Sigma Aldrich), and 0.5 mM o-dianisidine in a total volume of 300 μL were incubated at
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RT for 1 h. In the presence of hydrogen peroxide, formation of a red-brown reaction product occurred.
Blanks were performed with 50 mM Bis-Tris pH 6.0 instead of IEX fraction.

3.15. Sequence Accession Numbers

The nucleotide sequence of the PsaPOX gene has been deposited in the GenBank database under
accession number MT043310.

4. Conclusions

A DyP-type peroxidase of P. sapidus with alkene cleavage activity as well as the corresponding
gene were identified and the gene was heterologously expressed in Komagataella pfaffii. The PsaPOX
possessed typical sequence motifs, structural topology, and catalytic residues as described for DyPs,
even though the decolorization of the anthraquinone Reactive blue 19, a common reaction for
DyPs, was not observed. A non-canonical Mn2+-oxidation site on the protein surface was detected,
which allows PsaPOX to oxidize Mn2+. After biochemical characterization, the alkene cleavage
activity of PsaPOX towards different aryl alkenes was confirmed by biotransformation. PsaPOX is the
first described DyP-type peroxidase with such an activity. In addition, bleaching of β-carotene and
annatto was determined. The results for the alkene cleavage underline the potential of the PsaPOX as
biocatalyst for the generation of aromatic aldehydes with olfactory properties, such as p-anisaldehyde,
veratraldehyde, or acetophenone, which are used in the fragrance and flavor industry [1]. Improvement
of the conversions and product yields may be accomplished by protein engineering, as has been
shown for the alkene cleaving manganese-dependent Cupin TM1459 from Thermotoga maritima [53].
Another application beyond aroma production could be carotene bleaching of whey or wheat dough.

Supplementary Materials: The following are available online, Figure S1: Structural homology model of PsaPOX,
Figure S2: Detection of hydrogen peroxide in the IEX fraction with o-dianisidine and HRP in the presence
of trans-anethole after 1 h of incubation at pH 6.0 and RT, Figure S3: Alignment of the hypothetical protein
(KDQ29984.1) from P. ostreatus, which was the best hit for the 75 kDa band of the IEX fraction by a homology search
against the public database NCBI, and other members of the GMC oxidoreductase family, Figure S4: Stability
of PsaPOX during biotransformation of trans-anethole over 16 h, Table S1: p-Anisaldehyde concentration after
biotransformation of trans-anethole with different basidiomycetes, Table S2: p-Anisaldehyde concentration after
biotransformation of trans-anethole with the active IEX fraction in the presence or absence of Mn2+ and/or H2O2
for 16 h at RT, Table S3: p-Anisaldehyde concentration after bioconversion of trans-anethole by recombinant
PsaPOX with and without addition of H2O2 and Mn2+ for 16 h at RT, Table S4: p-Anisaldehyde concentration
after biotransformation of trans-anethole, (E)-methyl isoeugenol, and α-methylstyrene by recombinant PsaPOX
(1 U/mL) in the presence of 100 μM H2O2 and 25 mM MnSO4 for 16 h at pH 3.5 and RT.
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Abstract: Isoflavones in soybeans are well-known phytoestrogens. Soy isoflavones present in
conjugated forms are converted to aglycone forms during processing and storage. Isoflavone aglycones
(IFAs) of soybeans in human diets have poor solubility in water, resulting in low bioavailability
and bioactivity. Enzyme-mediated glycosylation is an efficient and environmentally friendly way to
modify the physicochemical properties of soy IFAs. In this study, we determined the optimal reaction
conditions for Deinococcus geothermalis amylosucrase-mediated α-1,4 glycosylation of IFA-rich soybean
extract to improve the bioaccessibility of IFAs. The conversion yields of soy IFAs were in decreasing
order as follows: genistein > daidzein > glycitein. An enzyme quantity of 5 U and donor:acceptor
ratios of 1000:1 (glycitein) and 400:1 (daidzein and genistein) resulted in high conversion yield
(average 95.7%). These optimal reaction conditions for transglycosylation can be used to obtain
transglycosylated IFA-rich functional ingredients from soybeans.

Keywords: Deinococcus geothermalis; glycosyltransferase; Glycine max (L.) Merr.; HPLC/MS; isoflavone
aglycone-rich extract; isoflavone α-glucoside

1. Introduction

Globally, soybean (Glycine max (L.) Merr.) is a large portion of major grain production, along
with corn, wheat, and rice [1]. Isoflavones, a subgroup of flavonoids, are well-known plant
secondary metabolites that are found mainly in the plant families Fabaceae or Leguminosae, including
soybean [2,3]. Isoflavones in soybeans are present mainly in conjugated forms [4]. Soy isoflavones
are classified as acetylisoflavones, malonylisoflavones, non-acylated isoflavone glucosides, and
isoflavone aglycones (IFAs), depending on the side groups attached to the isoflavone skeleton [5].
IFAs have antioxidant properties, interact with epigenetic modifications, and exhibit estrogen-like
activities [3]. Dietary IFAs can be metabolized to equol (4’,7-isoflavandiol), which has significant
estrogenic activity in the intestine [6]. Soy isoflavones exist naturally in conjugated forms rather
than as aglycones; for example, daidzein [7-hydroxy-3-(4-hydroxyphenyl)chromen-4-one], glycitein
[7-hydroxy-3-(4-hydroxyphenyl)-6-methoxychromen-4-one], and genistein [5,7-dihydroxy-3-(4-
hydroxyphenyl)chromen-4-one] [5]. However, conjugated isoflavones are converted into aglycone
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forms during processing or storage [4]. The bioaccessibility of IFAs is low due to their poor solubility
in water [7]. Therefore, various methods have been developed to overcome these shortcomings of
IFAs [8,9].

Glycosylation via chemical or non-chemical methods can change the physicochemical properties
of compounds [10,11]. The use of enzymes, such as glycosyltransferases, is a natural way to improve
the solubility of IFA [12]. Enzymatic glycosylation reactions are efficient and environmentally
friendly [13]. Compared with harsh chemical methods, enzymatic methods typically generate five
times less waste and have a 15-fold higher space–time yield [14]. Recently, biological glycosylation
methods using a variety of enzymes to improve the water solubility of lipophilic compounds have
been developed [11,15,16]. Transglycosylation improved genistein solubility by 3700–44,000 [17] and
transglycosylated catechin, naringin, and rutin were found to have 100-, 1000-, and 30,000-fold higher
water solubility than non-transglycosylated catechin, naringin, and rutin, respectively [18–20]. The
use of glycosyltransferases from microbial sources for transglycosylation reactions is an efficient
and eco-friendly biological alternative to chemical reactions [21]. Flavonoids can be glycosylated
using enzymes from microbial sources such as cyclodextrin glycosyltransferase (CGTase) and uridine
diphosphate glucose (UDP-glucose) [16,22–24]. CGTase is widely employed to increase the solubility
and stability of polyphenols such as glycosylated isoflavones [23,25]. However, the CGTase-reacted
complex solution is cloudy and contains high molecular weight compounds [26], while the UDP-glucose
complex has low reaction yields and is expensive [16,27].

Amylosucrase (EC 2.4.1.4; AS) is a glycosyltransferase enzyme that belongs to the glucoside
hydrolase family 13 [28]. One of the main characteristics of AS is that it catalyzes transglycosylation
reactions to create α-1,4-glycosidic linkages given sucrose as a substrate [28,29]; AS promotes sucrose
hydrolysis to release glucose and fructose, and α-1,4-oligosaccharides are formed using the released
glucose as an acceptor [30]. Deinococcus geothermalis AS (DGAS) synthesizes α-1,4-glycosidic bonds
using various acceptors such as flavonoids [31]. DGAS enhances the water solubility of flavonoid
aglycones by transglycosylation [21,31,32]. Compared with glycosyltransferase enzymes such as
CGTase, DGAS can react with high substrate specificity using relatively inexpensive donors [27].
In addition, the interpretation of experimental results is easier when using DGAS because of fewer
impurities and the limited number of transglycosylated sugar moieties [27,32,33]. These features of
DGAS can be exploited to increase the solubility and bioavailability of bioactive phenolic compounds
in soybeans.

In this study, we investigated the physicochemical changes of major soybean IFAs in response
to DGAS-mediated transglycosylation. To determine what reaction conditions resulted in high
transglycosylated conversion yields of IFAs, factors such as the amount of donors, acceptors, and
enzymes were evaluated. Optimal reaction conditions were applied to soybean isoflavone extract
to confirm that the IFAs were efficiently transglycosylated. Based on our results, we propose an
application of the DGAS enzyme process to enrich transglycosylated IFAs in soy-based foods such as
soybeans, soybean extracts, and soy products in the industrial field.

2. Results and Discussion

2.1. DGAS Expression and Activities

DGAS was successfully expressed by Escherichia coli transformed with the shuttle vector
pHCXHD-DGAS as confirmed by the detection of dgas expression in transformed cells (Figure 1a).
Activity of AS was observed in cell extracts of pHCXHD-DGAS-transformed cells. DGAS fused with
6× histidine appeared as a single band with a molecular mass of about 73 kDa (Figure 1b), which is in
good agreement with the estimated molecular mass of DGAS. This result confirmed that DGAS was
successfully expressed as a functional protein in E. coli. DGAS was considered to be free of protein
toxicity because it was not harmful to E. coli. Temperature and pH profiles of DGAS expressed in
E. coli were investigated in the range of 30 to 55 ◦C and pH 4.0 to 9.0, respectively, based on a previous
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report of DGAS expression in E. coli [30]. It was previously reported that isoflavone glucosides can be
thermally transformed to their corresponding aglycone forms during processing [34]. In consideration
of the stability of the IFAs, the temperature and pH for the DGAS-mediated transglycosylation of IFAs
in this study were set at 45 ◦C and pH 5.0, respectively.

(a) 
 

(b) 

Figure 1. (a) Construction of expression vector of Deinococcus geothermalis amylosucrase (DGAS).
(b) SDS-PAGE analysis of recombinant DGAS expressed in Escherichia coli and purified on a nickel–
nitrilotriacetic acid affinity column. (Lane M, protein molecular standard marker; Lane 1, crude enzyme;
Lane 2, crude passing through enzyme; Lane 3, inclusion body; Lane 4, purified enzyme).

2.2. Transglycosylation of IFAs with DGAS

Three IFAs (daidzein, glycitein, and genistein) are found in soybeans, and their glucosides are
linked by β-glycosidic bonds at C-7 (Figure 2) [4]. Glycosylation carried out by glycosyltransferases,
such as AS, generates two types of O-glucosides, which are commonly defined as α- and β-linked
glucosides [35]. The detailed glycosylation mechanism has not been clearly elucidated, but the
glycosylation reaction usually occurs on the anomeric carbon with the attack of weak nucleophiles,
such as the −OH group of sugars [35]. Glycosylation reactions often involve a unimolecular (SN1) or
bimolecular (SN2) nucleophilic substitution at the anomeric center [35].

 
Figure 2. Structures of isoflavone glucosides (daidzin, glycitin, and genistin) present in soybeans.
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DGAS used in this study produced various transglycosylated isoflavones with α-1,4-glycosidic
linkages from IFAs (Figure 3). The transglycosylation of IFAs (such as in genistein) using DGAS are
likely to occur at the C-7 or C-4′ positions rather than the C-5 position. Previous studies reported
that recombinant AS created various stereostructures of acceptor compounds due to position-specific
transglycosylation [27,33] (Figure 3). Moreover, the transglycosylation of flavonoids using DGAS has
been reported to occur primarily at the C-7 position of the A ring and at the C-4′ position of the B
ring [27,32,36]. DGAS has been reported to attach four or fewer glucose moieties to flavonoids in
transglycosylation [21,32]. Thus, we expected the total number of glucose moieties attached to IFAs in
the DGAS transglycosylation process to be four. For example, if four glucoses bind to the C-7 position,
the number of glucoses that can attach to the C-4′ position is zero, and if three glucoses bind to the
C-4′ position, one additional glucose may bind to the C-7 position (Figure 3).

Figure 3. Scheme of transglycosylation reactions of isoflavone aglycones (IFAs) and sucrose using
DGAS. G, glucose; F, fructose.

To identify reactants and products after transglycosylation, 12 isoflavone standards found in
soybeans were separated by high-performance liquid chromatography (HPLC; peaks labeled: GD,
daidzin; GL, glycitin; GG, genistin; MD, malonyldaidzin; ML, malonylglycitin; AD, acetyldaidzin; AL,
acetylglycitin; MG, malonylgenistin; DN, daidzein; LN, glycitein; AG, acetylgenistin; GN, genistein)
(Figure 4a). The results of transglycosylation using DGAS of the three IFA standards are shown
chromatographically in Figure 4b–d. Compared to the 12 isoflavone standards, six to eight new peaks
were detected, indicating that various transglycosylated products were produced from each aglycone
during the enzymatic process (Figure 4b–d). Transglycosylated products from daidzein tended to
be more polar (faster retention time) than transglycosylated glycitein and genistein glucosides for
the same HPLC analysis conditions. This tendency was the same as the elution order of the three
aglycones: daidzein > glycitein > genistein (Figure 4a). We attributed the different elution order of
transglycosylated IFAs to their polarity differences, which are mainly influenced by the polarity of the
parent compounds (acceptors in this study). If patterns of bound positions and the number of glucose
moieties were the same in each aglycone, the elution order of transglycosylated IFAs according to
increasing retention time would have been as follows: transglycosylated daidzein > transglycosylated
glycitein > transglycosylated genistein. It was previously reported that α-glycosylisoquercitrin with
more glucose moieties produced by the enzymatic transglycosylation of isoquercitrin eluted earlier than
α-glycosylisoquercitrin with fewer glucose moieties [37]. Furthermore, after the transglycosylation of
daidzin using DGAS, daidzein triglucoside eluted faster than daidzein diglucoside [36]. Therefore, in
this study, transglycosylated IFAs with more glucose moieties had a faster elution time in reversed-phase
HPLC analysis than transglycosylated IFAs with fewer glucose moieties (Figure 4b–d).
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Figure 4. High-performance liquid chromatography (HPLC) traces (254 nm) of IFA standards after
transglycosylation using DGAS. (a) Isoflavone standard mixture, (b) transglycosylated glycitein,
(c) transglycosylated daidzein, and (d) transglycosylated genistein. Peaks: GD, daidzin; GL, glycitin;
GG, genistin; MD, malonyldaidzin; ML, malonylglycitin; AD, acetyldaidzin; AL, acetylglycitin; MG,
malonylgenistin; DN, daidzein; LN, glycitein; AG, acetylgenistin; GN, genistein. Peaks labeled LN1

to LN6, DN1 to DN8, and GN1 to GN6 are transglycosylated products from each IFA. Enzymatic
transglycosylation reactions were performed using 1.0 mM of glycitein, 5.0 mM of daidzein, or 5.0 mM
of genistein with 5.0 U of DGAS and 2.0 M of sucrose.

Peaks observed at the very beginning of elution (up to 12 min of retention time in this study) of the
chromatograms were considered to be transglycosylated IFAs with two, three, or four glucose moieties
(Figure 4b–d). However, more polar products (transglycosylated IFAs with 2–4 glucose moieties)
among the transglycosylated IFAs resulted in lower resolution in the chromatogram. It was previously
reported that transglycosylated products generated from the DGAS-catalyzed transglycosylation of
isoquercitrin had similar retention times to each other, which resulted in very low resolution and
greater difficultly separating them [32]. In addition, some isoquercitrin glucosides with high polarity
have been reported to exist as isomers with the same number of sugars, the molecular weights of
which were the same in mass spectra [32]. Based on previously reported results [32], we hypothesized
that the transglycosylated IFA glucosides that eluted at similar retention times in this study were likely
to be isomers with the same number of glucose moieties bound at different positions.

Peaks (except for minor peaks< 5% of the total product area) of transglycosylated reaction products
from glycitein, daidzein, and genistein after enzymatic modification were labeled (Figure 4b–d). Peak
LN5 in Figure 4b had a retention time similar to glycitin (glycitein 7-β-O-glucoside; peak GL of Figure 4a).
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The retention times of peak DN7 in Figure 4c and peak GN6 in Figure 4d were similar to those of daidzin
(daidzein 7-β-O-glucoside; peak GD of Figure 4a) and genistin (genistein 7-β-O-glucoside; peak GG
of Figure 4a), respectively. Thus, we assumed that peaks LN5, DN7, and GN6 were α-glucosides of
IFA with one glucose moiety attached. Standard compounds (daidzin, glycitin, and genistin) found in
soybeans have a β-glycosidic bond between IFA and glucose. When IFAs are transglycosylated using
DGAS, glucose moieties bound to the −OH group at the C-7 or C-4′ position in IFAs are present in
an α-glycosidic bond with IFAs [27,33]. The 7-α-monoglucosides (peaks LN5, DN7, and GN6) from
the enzymatic modification of IFAs had different but similar retention times compared to standard
isoflavone 7-β-monoglucosides (Figure 4b–d). Previously, daidzein triglucoside was reported to be
more polar than daidzein diglucoside [36]. Due to their greater number of transglycosylated glucose
moieties, LN1–LN4 from glycitein transglycosylation, DN1–DN6 from daidzein transglycosylation,
and GN1–GN5 from genistein transglycosylation had higher polarities than LN5, DN7, and GN6,
respectively (Figure 4b–d). DGAS produces higher amounts of flavonoid glucosides attached with
a greater number of glucose molecules to parent flavonoids such as isoquercitrin and daidzin than
glycosyltransferases such as CGTase and amyloglucosidase [27,32,36], which produce higher levels of
flavonoid glucosides transglycosylated with fewer sugar moieties [22,24]. When UDP-glucose is used
as a donor for glycosidic binding, only one or two new transglycosylated products are produced by
glycosyltransferases [16,22]. In contrast, DGAS generated a variety of new transglycosylated products
from the IFAs (Figure 4b–d). As shown in Figure 3, the number of transglycosylated glucoses has
been reported to range from one to four [27,32], because the free hydroxyl (−OH) groups of flavonoid
aglycones and their transglycosylated glucosides can be used as potential transglycosylation sites in
the DGAS enzyme process.

2.3. Effects of Reaction Conditions on DGAS Transglycosylation

Table 1 shows the conversion yields of IFAs to transglycosylated IFA glucosides according to
the concentrations of donor and acceptors as well as the amount of DGAS. Glycitein reacted at lower
concentrations than daidzein and genistein because of its lower solubility [38]. Regardless of IFA and
sucrose concentrations, the conversion yield of each IFA used in this study increased as the amount of
DGAS used increased, whereas the conversion yield of each IFA generally decreased with increasing
IFA concentration. In transglycosylation reactions, a large amount of enzymes ensures not only a fast
reaction rate, but also an increased reaction yield [33]. However, at a low donor concentration (0.1 M)
and high acceptor concentration (20 mM), the conversion yields for daidzein and genistein were the
lowest during transglycosylation for the highest amount of enzymes (5.0 U). The ratio of donor to
acceptor suggests that the conversion yield is affected even if a sufficient amount of enzyme is supplied.
Similar to the results of this study (Table 1), previous studies reported that the conversion efficiency
increased when the concentration of the donor was higher than that of the acceptor [31,39,40]. The
enzyme-modified glycosylation of lipophilic compounds is known to be complex because of the low
solubility of lipophilic compounds in aqueous systems [41]. To increase the conversion yield despite
low solubility, various solvents such as ionic liquids have been used in enzyme reactions for flavonoid
glucoside synthesis [13,41]. In this study, we used dimethyl sulfoxide (DMSO) as the solvent to dissolve
all IFAs (acceptors). However, cloudiness was observed during the enzyme reaction when the amount
of acceptor was increased in an aqueous system containing a donor, acceptor, buffer, and enzyme (data
not shown). Acceptor solubility was found to be the most important factor determining the lowest
conversion yields at the highest acceptor conditions (glycitein, 4 mM; daidzein and genistein, 20 mM)
(Table 1). Therefore, it is reasonable to assume that the reason glycitein had the lowest conversion
yield was its relatively lower solubility than that of daidzein and genistein.
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The conversion yields of daidzein tended to be similar to those of genistein for the various
reaction conditions used in this study. Glycitein had a lower conversion yield than genistein and
daidzein (Table 1). Transglycosylation has been reported to occur at the hydroxyl group of the acceptor,
resulting in the formation of an O-glycosidic bond between the acceptor and donor [35]. Likewise,
a correlation between the number of hydroxyl groups and reactivity after the transglycosylation
of hydroxyflavonoids with DGAS was observed [27]. The average conversion yields of daidzein
and genistein were approximately 96.7% and 94.8%, respectively, at the highest amount of enzyme
(5.0 U), lower acceptor concentrations (0.2–5.0 mM), and higher donor concentrations (1.0–2.0 M).
In general, the highest conversion yield is achieved when sufficient enzymes and sucrose are provided
for transglycosylation [33]. However, excess sucrose has been reported to reduce conversion yields [32].
Therefore, it is essential to have an adequate ratio of donor and acceptor as well as a sufficient amount
of enzyme to attain higher conversion yields.

2.4. Application of DGAS to IFA-Rich Extract from Soybeans

Ultrasound-assisted extraction is known by its high efficiency, high productivity, lower
consumption of solvents, and eco-friendly process [42]. In addition, in this study, to prevent
protein interference after the extraction of soybeans with organic solvent, proteins were precipitated by
dehydration and aggregation using ice-cold acetone [43]. After the successful conversion of IFAs into
transglycosylated IFAs, optimal reaction conditions established for the DGAS process were used for
the transglycosylation of IFA-rich soybean extract (SBE) as the acceptor. IFAs in SBE existed at lower
concentrations than the other isoflavones such as isoflavone glucosides (Figure 5a and Table 2).

Table 2. Content (mg/g powder) of isoflavones in soybean extract (SBE), cellulase (CE)-treated SBE
(CE-SBE; isoflavone aglycone-rich extract), and CE-SBE transglycosylated using DGAS (CE-SBE-DGAS).

Isoflavone SBE CE-SBE CE-SBE-DGAS

Glycitein 0.0 ± 0.0 b 1 3.98 ± 0.2 a 0.0 ± 0.0 b

Daidzein 0.79 ± 0.13 b 41.98 ± 1.26 a 0.0 ± 0.0 c

Genistein 1.0 ± 0.03 b 53.63 ± 4.35 a 0.0 ± 0.0 c

1 Data are expressed as means ± standard deviations (n = 3). Means with different superscripted letters in the same
row differ significantly by the Tukey-Kramer honestly significant difference test (p < 0.05).

Isoflavones in soybeans are mainly present in malonyl forms when extracted under normal
conditions such as neutral solvent, ambient temperature, and short extraction time [44]. Similarly,
malonyl forms were found to be the major isoflavones in SBE in this study (Figure 5a). Peaks labeled
MD, ML, and MG are malonyldaidzin, malonylglycitin, and malonylgenistin, respectively (Figures
4a and 5a,b). Therefore, 7-β-O-glucoses (with acetyl and malonyl moieties) bound to IFA should be
hydrolyzed using cellulase (CE) prior to DGAS transglycosylation. Extraction under harsh conditions
(low pH and high temperature) and microbial fermentation has been used previously to obtain IFAs from
soybeans [44]. However, acid-modified extraction is not suitable for enzymatic glycosylation reactions
and is not environmentally friendly. Conjugated isoflavones (malonylisoflavones, acetylisoflavones,
and non-acylated isoflavone glucosides) are converted into their non-conjugated counterparts using
enzymes such as glycosylase [45]. In this study, we obtained IFAs by removing β-1,4-linked glucose
moiety from conjugated isoflavones using CE. After CE processing, malonylisoflavones were degraded
into their corresponding aglycones. As the concentrations of conjugated daidzeins (peaks GD, MD,
and AD), conjugated glyciteins (peaks GL, ML, and AL), and conjugated genisteins (peaks GG and
MG) in SBE decreased (Figure 5a), the concentrations of their corresponding IFAs increased after CE
treatment (Figure 5b). CE-treated soybean extract (CE-SBE; IFA-rich extract) had the highest content of
genistein (53.9% of total), daidzein (42.2% of total), and glycitein (4.0% of total) compared with SBE
and CE-SBE transglycosylated using DGAS (CE-SBE-DGAS) (Table 2). Consistent with the results
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of this study, the content of glycitein derivatives in soybeans and their processed products has been
reported to be less than 5% of the total isoflavone content [5].

Figure 5. HPLC traces (254 nm) of IFA-rich soybean extract after transglycosylation using DGAS.
(a) Soybean extract, (b) cellulase-treated soybean extract, (c) and cellulase-treated soybean extract
transglycosylated using DGAS. Peaks: GD, daidzin; GL, glycitin; GG, genistin; MD, malonyldaidzin;
ML, malonylglycitin; AD, acetyldaidzin; AL, acetylglycitin; MG, malonylgenistin; DN, daidzein;
LN, glycitein; GN, genistein. Refer to Table 3 for the identification of each numbered peak of the
19 compounds.

Soy isoflavones have different ultraviolet-visible spectra depending on their aglycones [3,46]. The
peaks newly produced by DGAS-treated transglycosylation were tentatively confirmed by comparison
with the patterns of ultraviolet-visible spectra of isoflavone standards and molecular weight (Table 3).
As results of mass spectrometry (MS), 19 products including four unknown compounds of DGAS-treated
CE-SBE were tentatively identified (Table 3). The malonylisoflavones in SBE were not changed by DGAS
(peaks 15, 16, and 17 of Figure 5c) in this study. In contrast, IFAs were not detected in CE-SBE-DGAS
(Figure 5c and Table 2), indicating that IFAs in CE-SBE are successfully transglycosylated using DGAS.
In previous studies, DGAS has been reported to transglycosylate a sugar moiety to the −OH group
of the flavonoid aglycone [27,30,31]. It is also reported that glucose moiety was transferred to the
isoflavone monoglucosides such as daidzin [36].

Among the peaks newly generated using DGAS, the peaks 10, 12, and 13 were identified as
daidzein, glycitein, and genistein monoglucosides with different stereospecificity and retention time
from daidzin, glycitin, and genistin, respectively (Figure 5c and Table 3). The generated isoflavone
monoglucosides can be seen to have a similar polarity compared to the isoflavone 7-β-O-glucosides
(peaks GD, GL, and GG) in the SBE (Figure 5a). The MS results of CE-SBE-DGAS indicate that the more
polar components, which are eluted earlier than isoflavone monoglucosides, are transglycosylated
with two or more glucose moieties (Figure 5c and Table 3). The treatment of IFA standards and
IFA-rich extract with DGAS resulted in higher amounts of isoflavone polyglucosides than isoflavone
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monoglucosides (Figures 4b–d and 5c). As mentioned earlier, DGAS creates various transglycosylated
isoflavones from IFAs. Studies of enzyme-modified flavonoids have reported binding of one or more
glucose moieties to aglycones [24,27]. It has also been reported that glucose-added products, which
are more polar than daidzin, are produced when transglycosylation is carried out using daidzin as
the acceptor [36]. Hence, by using DGAS for the transglycosylation of CE-SBE, various isoflavone
polyglucosides with two and three glucose moieties bound to their backbones, as well as isoflavone
monoglucosides, can be generated.

Table 3. Identification of isoflavone derivatives of CE-SBE-DGAS.

Peak No. Time (min) λmax (nm) [M]+ (m/z) Aglycone Identified Compound

1 7.74 219.6, 276.6 n.d 1 Unknown Unknown
2 8.38 248.1, 296.5 903.1 Daidzein Daidzein tetraglucoside
3 9.04 248.1, 298.1 741.1 Daidzein Daidzein triglucoside
4 9.91 248.1, 298.1 741.1 Daidzein Daidzein triglucoside
5 10.30 257.1, 322.0 757.2 Genistein Genistein triglucoside
6 10.77 257.1, 322.0 757.2 Genistein Genistein triglucoside
7 10.83 257.6, 322.0 757.2 Genistein Genistein triglucoside
8 11.38 257.6, 329.2 595.2 Genistein Genistein diglucoside
9 13.08 248.1, 298.1 417.1 Daidzein Daidzein diglucoside

10 14.77 245.7, 300.5 417.1 Daidzein Daidzein monoglucoside
11 15.57 257.6, 322.0 595.2 Genistein Genistein diglucoside
12 15.97 252.8, 319.6 447.1 Glycitein Glycitein monoglucoside
13 18.90 257.6, 322.0 433.1 Genistein Genistein monoglucoside
14 19.45 229.1, 271.8 n.d Unknown Unknown
15 21.25 248.1, 298.1 n.d Daidzein Malonyldaidzin
16 21.97 257.6, 317.2 n.d Glycitein Malonylglycitin
17 26.88 257.6, 324.4 n.d Genistein Malonylgenistin
18 33.02 267.1 n.d Unknown Unknown
19 35.04 233.8, 276.6 n.d Unknown Unknown

1 n.d Out of the set molecular weight in mass conditions.

3. Materials and Methods

3.1. Chemicals

Sucrose, formic acid, DMSO, and sodium phosphate were purchased from Sigma-Aldrich Co.,
LLC (St. Louis, MO, USA). Daidzin, glycitin, genistin, daidzein, glycitein, and genistein were
bought from Extrasynthese (Genay, France). Malonyldaidzin, malonylglycitin, malonylgenistin,
acetyldaidzin, acetylglycitin, and acetylgenistin were purchased from Wako Chemical Co. (Tokyo,
Japan). HPLC-grade water, acetonitrile, and methanol were obtained from Fisher Scientific (Hampton,
NH, USA). All other chemicals used in this study were of analytical reagent grade.

3.2. Expression and Activity of DGAS

The dgas gene has been described in previous studies [21,30]. This gene was identified in the
genome of D. geothermalis DSM 11300. E. coli MC1061 was used to express dgas, whereas E. coli
DH10B was employed for gene manipulation. DGAS was expressed by E. coli MC1061 harboring
dgas in the pHCXHD vector system, as described previously [32,36]. Escherichia coli transformed with
pHCXHD-DGAS were incubated for 18 h and then harvested by centrifugation (Hanil Combi 514R;
Hanil Centrifuge Co., Gimpo, Korea) at 7000× g for 20 min. Then, the supernatant was discarded, and
the pellet was resuspended in lysis buffer (50 mM NaH2PO4, 300 mM NaCl, and 10 mM imidazole;
pH 7.5) and disrupted using an iced ultrasonic bath (Sonifier 450; Branson Ultrasonics Corp., Danbury,
CT, USA). Proteins extracted from the solution were collected by centrifugation (Hanil Combi 514R;
Hanil Centrifuge Co.) at 7000× g at 4 ◦C for 20 min. Enzymes in the crude cell extract were purified
with a nickel–nitrilotriacetic acid affinity column (Poly-Prep; Bio-Rad Laboratories, Inc., Hercules, CA,
USA) filled with 500 μL nickel–nitrilotriacetic acid Superflow (Qiagen, Hilden, Germany). A purified
enzyme was confirmed by performing sodium dodecyl sulfate–polyacrylamide gel electrophoresis
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using 10% (v/v) acrylamide. Protein concentrations were measured using a bicinchoninic acid assay kit
(Thermo Fisher Scientific, Agawam, MA, USA) with bovine serum albumin as a standard.

The sucrose hydrolysis activity of DGAS was measured using 3,5-dinitrosalicylic acid solution, as
described previously [32,36]. A reaction mixture comprising 50 μL 500 mM Tris-HCl (pH 8.0), 100 μL
25% (w/v) sucrose, and 300 μL deionized water was used. The enzymatic reaction was carried out by
adding 50 μL of DGAS solution to the reaction mixture at 45 ◦C for 10 min. To stop the reaction, 500 μL
of 3,5-dinitrosalicylic acid solution was added. After boiling for 5 min, the absorbance of the final
reaction mixture was measured at 550 nm using a microplate reader (iMark™Microplate Absorbance
Reader; Bio-Rad Laboratories, Inc.). The reducing sugar concentration was calculated using a fructose
standard curve. One unit of DGAS was defined as the amount of enzyme that produced one μmol of
fructose per min under the assay conditions.

3.3. Transglycosylation of IFAs

Transglycosylation reactions with DGAS were performed using sucrose as the donor in sterilized
water and IFA as an acceptor in DMSO. The reaction was performed in sodium phosphate buffer
(pH 5.0 and 50 mM final concentration). Sucrose was used at concentrations of 10, 100, and 200 mM.
Daidzein and genistein were used at concentrations of 20, 500, and 2000 μM, while glycitein was used
at concentrations of 4, 100, and 400 μM. The amount of DGAS used was set to three enzyme units
at 0.1, 1.0, and 5.0 U. The reaction temperature was 45 ◦C, and the reaction time was 24 h. These
reaction conditions (temperature, buffer, and pH) for DGAS were based on those reported in previous
studies [31,36]. The reaction was stopped by adding an equal amount of 10% (v/v) DMSO in methanol
containing 0.1% (v/v) formic acid. The terminated reaction solution was subjected to vigorous mixing,
sonicated for 10 min, and filtered through a 0.45 μm polyvinylidene fluoride syringe filter (GH Polypro;
Pall Corp., Port Washington, NY, USA). Final samples were stored in the freezer at −20 ◦C prior
to analysis.

3.4. Preparation and Transglycosylation of SBE

Soybean seeds (cv. Daewon) were obtained from the Department of Southern Area Crop Science,
National Institute of Crop Science, Rural Development Administration (Dalseong, Korea). Soybean
seeds (10 g) were pulverized using a cutting mill (Tube Mill 100 control; IKA®, Staufen, Germany).
Extraction was carried out with 250 mL of 70% (v/v) aqueous ethanol using an ultrasonic bath (Sonifier
450; Branson Ultrasonics Corp.) at ambient temperature for 1 h. The aqueous ethanol extract of
soybean seeds was filtered through Whatman no. 4 filter paper (Whatman Inc., Clifton, NJ, USA). The
filtrate was evaporated using a rotary evaporator (N-1000; Eyela, Tokyo, Japan) in a water bath at
40 ◦C. Five hundred milliliters acetone was added to dry SBE, and this mixture was placed at −20 ◦C
for 24 h. The mixture was filtered through Whatman no. 4 filter paper (Whatman Inc.) and evaporated
(N-1000; Eyela). To obtain IFA-rich extract by enzymatically hydrolyzing conjugated isoflavones in
SBE, 200 mg of SBE powder and 20 mg of CE (EC 3.2.1.6) (Vision Corp., Seoul, Korea) were reacted
in water at 40 ◦C for 24 h. The reactant from the CE-SBE was concentrated in the methanol phase by
removing the matrix using an ODS Sep-Pak cartridge (Oasis HLB; Waters, Milford, MA, USA). Purified
CE-SBE reactant was evaporated using a rotary evaporator (N-1000; Eyela) in a water bath at 40 ◦C.
For transglycosylation, CE-SBE powder (10 g/L) was used as an acceptor, and sucrose (100 mM) was
used as the donor. The reaction temperature, time, buffer, and pH conditions of SBE were the same as
those described in Section 3.3. After termination of the enzyme reaction, the pretreatment process for
HPLC analysis proceeded in the same manner described in Section 3.3. The final samples were stored
in a freezer at −20 ◦C until further analysis.

3.5. Analysis of Transglycosylated Isoflavones by HPLC and MS

SBE, CE-SBE, and CE-SBE-DGAS were analyzed using a Waters HPLC system (Alliance e2998;
Waters) equipped with a ProntoSIL ace-EPS-C18 column (120 Å, 5 μm, 4.6 × 250 mm; Bischoff, Leonberg,
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Germany) and a photodiode array detector (2695; Waters) at 254 nm. Gradient elution was performing
using 0.1% (v/v) formic acid in water (solvent A) and acetonitrile (solvent B). All solvents were filtered,
degassed, and kept under pressure. The initial mobile phase was 100% solvent A. The gradient of
mobile phase B was as follows: 0–2.5 min, 0% B; 2.5–5 min, 0–12% B; 5–7 min, 12–18% B; 7–10 min,
18–18% B; 10–13 min, 18–26% B; 13–19 min, 26–26% B; 19–23 min, 26–46% B; 23–26 min, 46–46% B;
26–30 min, 46–75% B; 30–32 min, 75–0% B; 32–35 min, 0% B. Flow rate, column oven temperature, and
injection volume were 1.0 mL/min, 30 ◦C, and 5 μL, respectively.

The mass detection was measured using the modified method used in our previous study [36].
The quadrupole Dalton-based (QDa) detector (Waters) was used to obtain the MS data. An isocratic
solvent manager system split the analyte phase into acetonitrile at a ratio of 8:2. The QDa parameters
in positive ion mode were as follows: capillary voltage, 0.8 kV; cone voltage, 5 V; source temperature,
600 ◦C; desolvation gas flow, 800 L/h. The mass values to identify the transglycosylated isoflavones
were used for daidzein glucosides (255.1, 417.1, 579.1, 741.1, and 903.1 m/z), glycitein glucosides
(285.1, 447.1, 609.1, 771.1, and 933.1 m/z), and genistein glucosides (271.2, 433.2, 595.2, 757.2, and
919.2 m/z), respectively. Empower 3 (Waters) was used to control the HPLC-QDa system and analyze
the data obtained.

3.6. Statistical Analysis

Data are displayed as means ± standard deviations of three replicate determinations. Statistical
analyses were performed using IBM SPSS software version 23.0 (IBM SPSS Statistics Inc., Chicago, IL,
USA). One-way analysis of variance was performed to assess the significance of differences in mean
values. Significant differences were verified by the Tukey–Kramer honestly significant difference test
(p < 0.05).

4. Conclusions

Using the DGAS enzymatic process, IFAs were modified to generate various forms of isoflavone
glucosides with different polarities. In addition, transglycosylated IFAs had α-glycosidic bonds in
the isoflavone backbone because of the enzymatic properties of DGAS. Different conversion yields
of transglycosylation products were achieved for different reaction conditions. The most efficient
transglycosylation resulted from a low acceptor concentration (IFAs), donor-high concentration
(sucrose), and high DGAS enzyme activity. Applying the reaction conditions used in this study,
IFA-rich extracts from SBE were obtained by an environmentally friendly process using CE. The
treatment of IFA standards and IFA-rich extract with DGAS produced higher amounts of isoflavone
polyglucosides than isoflavone monoglucosides. Taken together, the results of this study suggest that
DGAS-treated transglycosylation changes physicochemical properties such as the bioactivity, solubility
and stability of isoflavones in soybeans and produces soybean-based functional ingredients rich in
transglycosylated IFA.
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Abbreviations

AS amylosucrase
CE cellulase
CE-SBE cellulase-treated soybean extract
CE-SBE-DGAS CE-SBE transglycosylated using DGAS
CGTase cyclodextrin glycosyltransferase
DGAS Deinococcus geothermalis amylosucrase
DMSO dimethyl sulfoxide
HPLC high-performance liquid chromatography
IFA isoflavone aglycone
MS mass spectrometry
SBE soybean extract
QDa quadrupole Dalton-based
UDP-glucose uridine diphosphate glucose
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Abstract: A chemo-enzymatic approach for the conversion of oleic acid into azelaic and pelargonic
acid is herein described. It represents a sustainable alternative to ozonolysis, currently employed
at the industrial scale to perform the reaction. Azelaic acid is produced in high chemical purity in
44% isolation yield after three steps, avoiding column chromatography purifications. In the first
step, the lipase-mediated generation of peroleic acid in the presence of 35% H2O2 is employed
for the self-epoxidation of the unsaturated acid to the corresponding oxirane derivative. This
intermediate is submitted to in situ acid-catalyzed opening, to afford 9,10-dihydroxystearic acid,
which readily crystallizes from the reaction medium. The chemical oxidation of the diol derivative,
using atmospheric oxygen as a stoichiometric oxidant with catalytic quantities of Fe(NO3)3·9·H2O,
(2,2,6,6-tetramethylpiperidin-1-yl)oxyl (TEMPO), and NaCl, affords 9,10-dioxostearic acid which
is cleaved by the action of 35% H2O2 in mild conditions, without requiring any catalyst, to give
pelargonic and azelaic acid.

Keywords: lipase; biocatalysis; unsaturated fatty acid; oxidative cleavage; oxidation

1. Introduction

The employment of renewable feedstocks in the chemical industry is steadily advancing to ensure
more efficient use of natural resources, reduce the dependence on fossil raw materials, and give a
contribution to achieving sustainable consumption and production patterns [1].

Fats and oils represent an important class of renewable feedstock from which the so-called
oleochemicals are obtained. They are abundant in nature, biodegradable, and have nontoxic properties.
They have long hydrocarbon chains, resembling the structure of petroleum components, but they are
also characterized by several functional groups useful for chemical modification. The major process
for transforming fats and oils into oleochemicals is hydrolysis, converting natural triglycerides into
crude glycerine and mixtures of fatty acids. The latter are then submitted to reactions involving either
the carboxylic group (to afford soaps, esters, amides, amines, and alcohols) or the reduction/oxidation
of the C=C double bonds, if present. Among these procedures developed to obtain fine chemicals,
the oxidative cleavage of unsaturated fatty acids for the production of dicarboxylic acids, hydroxy
acids, and amino acids has received great attention in the last decade [2–4]. Until recently, only
two dicarboxylic acids prepared from oleochemicals have been commercialized, i.e., sebacic acid (1),
obtained by the alkaline cleavage of castor oil [5], and azelaic acid (2), which is produced together with
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pelargonic acid (3) by ozonolysis of oleic acid (4) (Figure 1) [6]. Sebacic and azelaic acid are extensively
employed in the synthesis of new generation biodegradable copolymers [7]. Azelaic acid, naturally
occurring in wheat, rye, and barley, also finds application as an active ingredient in products for the
topical treatment of acne [8], and for the stimulation of hair regrowth [9]. It works by inhibiting the
growth of skin bacteria causing acne, and by keeping skin pores clear. Pelargonic acid, found in nature
as ester derivatives in the oil of pelargonium, is used as an herbicide to prevent the growth of weeds
both indoors and outdoors, and as a blossom thinner for apple and pear trees [10].

 
Figure 1. Sebacic acid (1), azelaic acid (2), pelargonic acid (3), and oleic acid (4).

Oleic acid is the most abundant monounsaturated fatty acid in nature [11], present in a wide
range of vegetable and animal oils and fats. Several works have been published in recent years
describing alternative methods to the ozone-promoted oxidative scission, most of which are based
on metal catalysis [12]. Among them, some very effective one-pot procedures involve the use of
H2O2 as primary oxidant in the presence of tungsten derivatives: (i) methyltrioctylammonium
tetrakis(oxodiperoxotungsto)phosphate [13] (40% H2O2, 85 ◦C, yields of compounds 2 and 3 by GC/MS
analysis of the crude mixture were 79% and 82%, respectively); (ii) WO3 and Na2SnO3 in t-BuOH [14]
(31% H2O2, 130 ◦C, sealed glass vial, isolation yields were 89% and 65% for 2 and 3, respectively);
(iii) a new hybrid organic/inorganic polyoxotungstate in t-BuOH [15] (30% H2O2, 120 ◦C, yield of
compounds 2 and 3 by GC/MS analysis of the crude mixture were 79% and 80%, respectively); iv)
H2WO4 [16] (60% H2O2, reflux, isolation yield was 60% for 2); (v) Na2WO4 aqueous solution/H3PO4

aqueous solution with a suitable phase transfer catalyst in a sealed flask [17] (30% H2O2, 90 ◦C, yield
of compound 2 by GC/MS analysis of the crude mixture was max 54%); (vi) the peroxo–tungsten
complex [C5H5N(n-C16H33)]3{PO4[WO(O2)2]4} as a phase-transfer catalyst/co-oxidant [18] (30% H2O2,
85 ◦C, yields of compounds 2 and 3 by GC/MS analysis of the crude mixture were 79% and 80%,
respectively), using in this case oleic acid obtained upon hydrolysis of high oleic sunflower oil by
Candida cylindracea lipase.

As for biocatalytic methods, only a few reports have appeared in the literature. Song et al.
developed [19,20] a multi-step enzymatic procedure (Figure 2) starting from the hydration of oleic acid
(4), followed by the oxidation of the intermediate alcohol 5 to the ketone derivative 6 that was in turn
submitted to Baeyer–Villiger (BV) oxidation to afford ester 7. The latter was hydrolyzed to afford acid
3 and the hydroxy acid 8, which was finally oxidized to azelaic acid (2).

 
Figure 2. Synthesis of azelaic acid (2) from oleic acid (4) according to references [19,20].
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In [19] the possibility to obtain a regioisomer of ester 7 giving directly diacid 2 upon hydrolysis was
described, but it was not considered for further study and optimization in the following publication [20].
The same research group described the preparation of azelaic acid from ricinoleic acid [21]. The use
of linoleic acid for the biocatalyzed production of azelaic acid was reported by Hauer et al. [22,23].
A multi-enzymatic one-pot reaction was developed to convert linoleic acid into azelaic acid by
combining a 9S-lipoxygenase and 9/13-hydroperoxide lyase to obtain 9-oxononanoic acid submitted to
the final oxidation to acid 2 catalyzed by an alcohol dehydrogenase. In 2019 the capability of Candida
tropicalis ATCC20962 to transform nonanoic acid and its esters into azelaic acid 2 with the aid of nonane
addition and continuous glucose supply [24] was investigated, to improve the production yield of
diacid 2 obtained in the ozonolysis process of oleic acid.

Recently, we were involved in a project aimed at the valorization of the side-stream products
generated by an Italian plant for vegetable seed oil refining (Oleificio Zucchi, Cremona) by using
biocatalytic methods. An important step of the refining process (neutralization) is represented by the
removal of free fatty acids, producing a side-product, called soapstock, which is currently disposed
of by Zucchi in bio-digesters. The fatty acids profile of this material depends on the nature of the
vegetable oil, and, in particular, the one obtained from sunflower oil is highly enriched in oleic acid [25].
Thus, we started to investigate a novel chemo-enzymatic oxidative scission of oleic acid, to be applied
to the sunflower soapstock coming from Oleificio Zucchi for its valorization. The preliminary results
of this study were obtained while working on commercial oleic acid, as a model compound, to study
each step of the most suitable synthetic procedure more easily using a less complex starting material.
The results are herein reported.

2. Results

The enzymatic synthesis of azelaic acid reported in 2013 by Song et al. [19] (Figure 2) consisted
of the use of recombinant Escherichia coli cells expressing at the same time the genes encoding an
oleate hydratase from Stenotrophomonas maltophilia, an alcohol dehydrogenase (ADH) from Micrococcus
luteus, and a BV monooxygenase (BVMO) from Pseudomonas putida KT2440 for the transformation of
oleic acid into 9-(nonanoyloxy)nonanoic acid (7). The hydrolysis of this latter compound, mediated
by a cell extract of E. coli expressing the esterase gene from P. fluorescens, afforded pelargonic acid
(3) and 9-hydroxynonanoic acid (8). In a further development of the work [20], the oxidation of
derivative 8 by an ADH from P. putida GPo1 completed the route to azelaic acid. As the final product
concentration in the reaction medium was only a few millimolar, likely because of the toxic effects of
pelargonic acid on the E. coli cells, the authors investigated the hydrolysis of 7 and the subsequent
oxidation of derivative 8 into acid 2 by chemical methods [26]. The ester intermediate 7 was purified
by extraction and column chromatography, hydrolyzed with sodium hydroxide in methanol/water
(4/1) at 60 ◦C to afford 9-hydroxynonanoic acid 8, which was separated from pelargonic acid by column
chromatography. Finally, the oxidation of the terminal hydroxy group of derivative 8 was achieved
using NaClO2 (1.2 equiv.), 2,2,6,6-tetramethyl-piperidin-1-yl oxyl (TEMPO) (4 mol%), and NaOCl
(2 mol%) in aqueous acetonitrile. After these two steps, no purification was needed. The overall molar
yield of azelaic acid from oleic acid was 58%.

We adopted a different strategy (Figure 3), consisting of the epoxidation of oleic acid to derivative 9,
followed by the formation of threo-9,10-dihydroxystearic acid (10) due to the acid-catalyzed hydrolytic
cleavage of the oxirane ring, promoted directly in the epoxidation medium. The chemical oxidation
of the diol afforded 9,10-dioxostearic acid (11), which was submitted to oxidative cleavage to afford
a mixture of pelargonic (3) and azelaic (2) acid, through the intermediate anhydride 12. In a recent
publication [27], the oxidation of the methyl ester derivative of compound 10, using a solvent-free
procedure of dehydrogenative oxidation catalyzed by commercial 64 wt.% Ni/SiO2 in the presence of
1-decene as a scavenger, was employed to afford a mixture of the two possible regioisomeric vicinal
ketols, that were successively cleaved with formic acid/hydrogen peroxide, and afforded up to 80%
pelargonic acid and azelaic acid monomethyl ester.
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Figure 3. The synthesis of azelaic acid (2) from oleic acid (4) described in this paper. (i) H2O2 35%,
Novozyme 435, acetonitrile, 5 h, 50 ◦C; (ii) NaHSO3 saturated solution, H2SO4 2 M, 3 h, r.t.; (iii)
atmospheric O2, cat. Fe(NO3)3·9 H2O/TEMPO/NaCl, toluene, 5 h, 100 ◦C; (iv) 35% H2O2, toluene, 3 h,
30 ◦C.

2.1. Epoxidation of Oleic Acid (4) to 8-(3-Octyloxiran-2-yl)Octanoic Acid (9)

The capability of certain lipases to catalyze the perhydrolysis (i.e., lysis by hydrogen peroxide) of
carboxylic acid esters, hence forming peroxycarboxylic acids in aqueous hydrogen peroxide solutions,
had been already patented by Clorox co. in the late eighties [28]. In 1990, an immobilized form of lipase
B from Candida antarctica (Novozyme 435) was shown [29] to catalyze the formation of peroxycarboxylic
acids directly from the corresponding carboxylic acid. In that case, the reaction was combined with the
epoxidation of alkenes. A few years later, Warwel et al. [30] described that, when unsaturated fatty
acids (or their esters) are treated with hydrogen peroxide in the presence of Novozyme 435, epoxidized
derivatives are obtained through two sequential steps. Firstly, unsaturated fatty acids are converted
into unsaturated peroxy acids by lipase-catalyzed perhydrolysis. Unsaturated peroxy or carboxylic
acids are in turn epoxidized via a classical Prileshajev reaction, which is, in this case, referred to as a
“self-epoxidation reaction” even though it proceeds predominantly via an intermolecular process.

The reaction has been widely exploited not only for the epoxidation of fatty acids and esters
but also for the derivatization of vegetable oils [31]. Typically, the reaction medium consists of an
aqueous layer containing hydrogen peroxide, an organic layer (usually a toluene solution) containing
the fatty acid derivative, and a solid phase represented by the immobilized enzyme. The main
issue of this chemo-enzymatic procedure is the deactivation of lipase. Temperature, reaction time,
concentration of H2O2 in the reaction medium, and the related concentration of peracid generated
in situ are critical parameters to be considered. Temperatures not higher than 50 ◦C, diluted H2O2

solution (max 1% w/w in the final solution) and reaction times not longer than 6 h represent the most
common experimental conditions.

We decided to perform the chemo-enzymatic epoxidation of oleic acid in a water-miscible solvent,
such as acetonitrile, for the following reasons: i) to promote the dissolution of both oleic acid and H2O2

in the same medium, and ii) to enable the in situ acid-catalyzed hydrolysis of the epoxide derivative at
the end of the reaction, after removal of the enzyme, by addition of a diluted solution of sulfuric acid.
The preliminary experiments were carried out with 0.30 mmol of commercial oleic acid (91% purity by
GC/MS, the major contaminants are palmitic and stearic acid), changing the molar ratio H2O2/oleic
acid (1.8 and 2.2), the temperature (30 ◦C and 50 ◦C), the amount of Novozyme 435 (10 mg and 30 mg),
and the solvent volume (2 mL and 6 mL). The reactions were monitored by GC/MS. The results of this
screening are reported in Tables S1 and S2 (see Supplementary Material). The following conditions were
found to be optimal for running the reaction: 0.15 M oleic acid, 0.27 M H2O2, 5 mg·mL−1 Novozyme
435, in acetonitrile at 50 ◦C for 5 h under stirring with final 98% conversion (GC/MS,). Epoxide 9
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could be recovered from the reaction mixture at 83% isolation yield (see Supplementary Material),
starting from commercial oleic acid. The stereochemistry of the oxirane ring of derivative 9 was
based on the cis configuration of oleic acid and was confirmed by comparison with literature data (see
Supplementary Material).

2.2. Acid–Catalyzed Cleavage of 8-(3-Octyloxiran-2-yl)Octanoic Acid (9) to 9,10-Didhydroxystearic Acid (10)

The ring-opening of epoxystearic acid 9 to the corresponding threo diol derivative 10 (Figure 3)
was promoted by diluted sulfuric acid, and the reaction conditions were adjusted to obtain quantitative
conversion after 3 h at room temperature (Table S3 of Supplementary Material). The relative
configuration of diol 10 was established following the anti mechanism of the hydrolytic opening of
the oxirane ring of cis-epoxide 9 and was confirmed by literature data (see Materials and Methods).
The acid-catalyzed hydrolysis was then performed, without isolation of the epoxide, by addition of a
2.0 M solution of H2SO4 directly to the reaction mixture of the epoxidation step, after removal of the
enzyme by filtration and decomposition of peroxy species. This one-pot two-steps sequence led to the
spontaneous crystallization of dihydroxystearic acid 10, which was easily recovered from the reaction
medium by filtration as a pure white solid. Satisfactory isolation yields (77%) were obtained, even
when the reaction was run at a 2 g scale, starting from commercial 91% oleic acid.

2.3. Oxidation of 9,10-Dihydroxystearic Acid (10) to 9,10-Dioxostearic Acid (11)

The following procedures were tested to achieve the oxidation of either one or both the hydroxy
groups of derivative 10: (i) alcohol dehydrogenase—mediated oxidation (commercial kit from EVOXX);
(ii) chemo-enzymatic oxidation with laccase and hydroxybenzotriazol (HOBt); (iii) aerobic oxidation
with catalytic Fe(NO3)3·9 H2O, TEMPO, and NaCl. Only the latter was successful and diol 10 could
be converted into the corresponding dioxo derivative 11 (Figure 3). Starting from 0.50 g of diol 10,
according to the literature [32], a loading of 1 mol% for each catalyst was enough to afford complete
conversion into the diketone in toluene solution at 100 ◦C in 5 h. After work-up (quenching with water
and extraction), the crude residue was submitted directly to the following step of oxidative cleavage.

2.4. Oxidative Cleavage of 9,10-Dioxostearic Acid (11) to Azelaic (2) and Pelargonic Acid (3)

For the final step of the synthetic procedure, we investigated the Baeyer–Villiger (BV) oxidation of
diketone 11, to prepare the corresponding anhydride 12, and hydrolyze it to azelaic (2) and pelargonic
acid (3). A wide range of oxidants has been employed for the BV reaction, including mineral and
organic peracids. Hydrogen peroxide can be used if suitably activated by a catalyst, or in the presence
of a strong acid, or even in alkaline conditions [33,34]. α-Diketones react readily with BV reagents:
in inert solvents anhydrides are formed, while in alkaline or acidic media simple carboxylic acids
are generally produced in good yields [35]. In 1930 Böeseken et al. [36] prepared 9,10-diketostearic
acid (11) by oxidation of 9-octadecynoic acid with 70% nitric acid at 10–25% yield and submitted it to
the reaction with 15% excess peracetic acid in acetic acid for one day. They obtained the quantitative
conversion of the diketone into a mixture of acids 2 and 3.

Thus, we first considered the possibility to perform the BV oxidation of compound 11 with the
corresponding peroxycarboxylic acid produced by lipase-mediated perhydrolysis in the presence
of H2O2, using for preliminary experiments a sample of 11 isolated and purified by column
chromatography. We treated dioxostearic acid 11 (50 mg) with 1.6 mol of H2O2 per mol of dioxostearic
acid in the presence of 2.5 mg·mL−1 Novozyme 435 in toluene (2 mL), the same solvent employed
for the preceding oxidation. The cleavage was complete after 3 h at 30 ◦C, to give a mixture of 96%
pelargonic and azelaic acids, with tiny quantities of octanoic (0.3%), stearic (0.4%), and palmitic acid
(2%), with other minor components (GC/MS). To our surprise, when the blank reaction was carried out
in parallel in identical conditions without the presence of the enzyme, the same oxidative cleavage
was observed, affording a mixture containing acids 2 and 3, besides 51% of intermediate anhydride 12

(1H NMR). The presence of intermediate 12 was highlighted by NMR spectroscopy. The 13C NMR

107



Molecules 2020, 25, 1882

spectrum of the crude reaction mixture showed the presence of two singlets at 169.73 and 169.67 ppm
for the carboxylic carbon atoms of the anhydride, next to those around 180 ppm which belong to acids
2 and 3 and to the COOH group of compound 12. In the 1H NMR spectrum, the triplet of the CH2

groups linked to the CO-O-CO moiety is at 2.44 ppm, a little more deshielded than the triplet of the
CH2 beside COOH in compounds 2 and 3 and in the anhydride itself, occurring at 2.35 ppm. The 1H
and 13C NMR spectra of anhydride 12 are not known in the literature, and the spectroscopic data of
lauric anhydride reported in [37] were used as reference data.

The reaction was repeated in acetonitrile and only 11% of anhydride was found in the final mixture.
When the oxidation was carried out in toluene and 2 M H2SO4 was added to the reaction mixture
during the workup procedure, after having decomposed peroxy species with NaHSO3 saturated
solution, complete hydrolysis of intermediate 12 was obtained.

After investigation of every single step, the whole procedure was performed starting from 2 g of
commercial oleic acid. Acidic hydrolysis was performed soon after epoxidation in a one-pot procedure,
to afford diol derivative 10 as a pure compound at 70% isolated yield by filtration of the first crop of
crystalline material and recovery of other product by further treatment of the mother liquors. The
oxidation to dioxoderivative 11 gave a crude compound (75% purity by GC/MS) that was submitted
directly to the last step of oxidative cleavage in toluene with only 35% H2O2, to provide a mixture of
azelaic and pelargonic acids. Diacid 2 was recovered following a procedure, which had been already
described in the literature [16], and based on the solubility of compound 2 in hot water. Repartition
between ethyl acetate and hot water afforded an aqueous phase from which azelaic acid crystallised
upon cooling. After three extraction cycles, diacid 2 could be recovered as a pure compound in 73%
yield. Pelargonic acid 3 was isolated from the organic phase at 77% isolation yields, showing 91%
chemical purity (GC/MS). The separation of diacid 2 from compound 3 was also investigated by using
column chromatography, eluting with hexane–EtOAc mixtures with an increasing amount of the more
polar solvent (see Supplementary Material), affording pure 2 and 3 in slightly higher isolation yields
(81% and 84%, respectively).

3. Discussion

Ozonolysis of alkene bonds is a useful chemical transformation which is employed not only at the
laboratory level but also at industrial scale for the rapid and effective oxidative cleavage of C=C double
bonds [38]. The primary concern related to ozonolysis chemistry is represented by the serious safety
issues connected with the reaction, and in particular with the explosive hazard due to the instability of
intermediate ozonides. The present industrial production of azelaic acid is entirely based on ozonolysis
of oleic acid, being the global azelaic acid market valued at 94 million USD in 2017 and expected to
reach 140 million USD by 2025 [39]. The market is mainly driven by growing demand for plastics and
lubricants, which hold above 70% of global azelaic acid consumption.

The growing attention towards the development of safer and more environmentally friendly
production technologies has stimulated the investigation of alternative methods for the conversion
of oleic acid into azelaic acid. Suitable references have been reported in the Introduction. We gave
a contribution to this search by investigating a chemo-enzymatic approach to achieve the target
oxidative scission.

We decided to use the in-situ peroxidation of oleic acid 4 by lipase-mediated perhydrolysis in the
presence of hydrogen peroxide 35% as a safe procedure to afford the peroxycarboxylic acid needed to
promote the epoxidation step at the beginning of the synthetic sequence. Oleic acid itself undergoes the
conversion into the reactive peroxy species, so it is possible to avoid the use of an additional carboxylic
acid that would remain in the reaction mixture as a by-product to be removed from the desired final
compound. The advantage of the proposed procedure is also that storage and manipulation of peracid
are avoided: it is generated in the reaction medium, and the excess is destroyed at the end of its use.
The best biocatalyst for this reaction is Novozyme 435 which has the advantage of being an immobilized
form of C. Antarctica B that can be recovered and re-used. Preliminary experiments were performed
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starting from 1 g of oleic acid, and recovering the enzyme by filtration and washing with water and
acetonitrile. The enzyme was kept at 4 ◦C for 18 h and re-used in a subsequent reaction. After four
runs the conversion of oleic acid (GC/MS analysis) into the epoxide was 78%. The evaluation of the
enzyme reusability in these experiments can only be used as a first orientation because it is influenced
by the effects of manipulation and storage on the enzyme support, overlapping those due to hydrogen
peroxide and peracid. Long-term performance of the enzyme should be best studied under continuous
process conditions, as suggested by recent literature [40]. Very positive results on the stability of this
lipase in this type of reaction have been obtained using both a packed-bed reactor [41] and a continuous
stirred tank reactor [40]. This kind of investigation is now in progress in our research group.

We considered also the possibility to avoid the isolation and purification of some of the
intermediates of our procedure to reduce quantities of waste, solvents and separation aids. We
chose the solvent of the epoxidation reaction to telescope the first two steps of the procedure,
and perform the acid-catalyzed opening of the oxirane ring without isolation of epoxide 9. Diol
derivative 10 could be obtained as a pure crystalline compound by crystallization from acetonitrile,
after quenching the peroxy species with NaHSO3 and promoting epoxide cleavage with catalytic
H2SO4 aqueous solution. No column chromatography was needed, thus favoring the isolation yield
of diol 10 and limiting further use of solvents. Even the purification of dioxostearic acid 11 could
be avoided, and the raw material was submitted directly to the following step to afford azelaic and
pelargonic acid. The use of toluene as a solvent for both the diol oxidation and the final oxidative
cleavage reaction will be useful in the future for developing the procedure in continuous flow mode.

For the last step of the whole sequence, we discovered the unexpected capability of H2O2 35%
w/w to promote the oxidative cleavage of diketone 11 in organic solvents, either toluene or acetonitrile,
at 30 ◦C, without the addition of any catalyst. H2O2 is considered as a green oxidant, generating water
as a by-product. It is safely stored and transported, and easily available on the market at a cheap price.

4. Materials and Methods

4.1. General Methods

Chemicals and solvents were purchased from Merck (Merck Life Science S.r.l., Milan, Italy) and
used without further purification. Trimethylsilyldiazomethane 10% solution in hexane (TCI Europe
N.V.) was purchased from Zentek Srl (Milan, Italy). Novozyme 435 (Novozymes) was purchased
from Strem Chemicals Inc. (Bischheim, France). TLC analyses were performed on Macherey Nagel
pre-coated TLS sheets Polygram® SIL G/UV254 purchased from Chimikart s.r.l. (Naples, Italy). 1H and
13C NMR spectra were recorded on a 400 or 500 MHz spectrometer in CDCl3 solution at r.t. The chemical
shift scale was based on internal tetramethylsilane. GC/MS analyses were performed using an HP-5MS
column (30 m × 0.25 mm × 0.25 μm, Agilent Technologies Italia Spa, Cernusco sul Naviglio, Italy). The
following temperature program was employed: 50 ◦C/10 ◦C min−1/250 ◦C (5 min)/50 ◦C min−1/300 ◦C
(10 min). The samples for GC/MS were treated with MeOH and trimethylsilyldiazomethane 10% in
hexane, to derivatize carboxylic acids by transformation into the respective methyl esters.

4.2. One-Pot Two-Step Synthesis of Threo-9,10-Didhydroxystearic Acid (10)

A suspension of Novozyme 435 (240 mg) in acetonitrile (48 mL), containing oleic acid (2.2 g, 91%
purity, 7.1 mmol) and 35% H2O2 w/w (1.1 mL, 12.8 mmol) was shaken in an orbital shaker (160 rpm,
50 ◦C) for 5 h. The enzyme was removed by filtration, washed with acetonitrile, and stored at 4 ◦C to
be re-used. A saturated solution of NaHSO3 (2 mL) was added to the filtrate, followed by the addition
of 2 M H2SO4 (963 μL). After 15 h at room temperature, diol 10 was recovered by filtration (1.62 g, 72%,
sum of two crystallization crops). 1H NMR (CD3OD, 400 MHz) [42]: δ = 3.45–3.35 (2H, m, 2CHOH),
2.29 (2H, t with J = 7.4 Hz, CH2COOH), 1.70–1.15 (26H, m, 13 CH2), 0.97–0.82 (3H, m, CH3). 13C NMR
(CD3OD, 100.6 MHz) [42]: δ = 177.6, 75.29, 75.26, 35.0, 34.0, 33.9, 33.0, 30.8, 30.7, 30.6, 30.42, 30.37, 30.2,
27.04, 26.96, 26.1, 23.7, 14.4. GC/MS (EI) as a methyl ester, obtained by treatment with MeOH and
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trimethylsilyldiazomethane 10% in hexane, tr = 23.85 min: m/z (%) = 294 (M+ – 36, 1), 187 (48), 155
(100), 138 (30).

4.3. Oxidation of 9,10-Dihydroxystearic Acid (9) to 9,10-Dioxostearic Acid (10)

A mixture of diol 10 (1.55 g, 4.9 mmol), Fe(NO3)3·9 H2O (20 mg, 0.049 mmol), TEMPO (8.0 mg,
0.049 mmol), and NaCl (3 mg, 0.049 mmol) in toluene (45 mL) was stirred at 100 ◦C for 4–5 h. The
reaction mixture was poured into water and extracted with ethyl acetate. The organic phase was dried
and concentrated under reduced pressure to give the crude dioxo derivative 11 (1.83 g, 75% purity by
GC/MS analysis, estimated content of compound 11 1.37 g) which was employed in the successive
step without further purification. 1H NMR (CDCl3, 400 MHz) [43]: δ = 2.72 (4H, t with J = 7.3 Hz,
2CH2CO), 2.35 (2H, t with J = 7.4 Hz, CH2COOH), 1.69–1.49 (6H, m, 3 CH2), 1.40–1.20 (16H, m, 8 CH2),
0.92–0.84 (3H, m, CH3). 13C NMR (CDCl3, 100.6 MHz) [43]: δ 200.3, 200.2, 180.0, 36.2, 36.1, 34.2, 31.9,
29.4, 29.3, 29.2, 29.1, 29.04, 28.96, 24.2, 23.2, 23.1, 22.8, 14.2. GC/MS (EI) as a methyl ester, obtained by
treatment with MeOH and trimethylsilyldiazomethane 10% in hexane, tr = 22.48 min: m/z (%) = 326
(M+, 1), 295 (5), 185 (100), 141 (54).

4.4. Oxidative Cleavage of 9,10-Dioxostearic Acid (11) to Azelaic (2) and Pelargonic Acid (3)

A mixture of crude dioxo derivative 11 (1.75 g, 75% purity, estimated content of compound 11

4.21 mmol) and 35% H2O2 w/w (579 μL, 6.73 mmol) in toluene (35 mL) was stirred at 30 ◦C for 3
h. A saturated solution of NaHSO3 (750 μL) was added, followed by the addition of H2SO4 2 M till
pH = 2. The reaction mixture was then extracted with ethyl acetate. The organic phase was dried
and concentrated under reduced pressure to give a crude mixture containing 93% (GC/MS) of acids 2

and 3, which was heated at 50 ◦C for 1 h in a 1:1 mixture of EtOAc and water. Water was separated,
and diacid 2 crystallized upon cooling. Other two extractions of the organic phase with hot water
allowed the isolation of diacid 2 as a pure compound. Pelargonic acid 3 was isolated from the organic
phase showing 91% chemical purity (GC/MS).

Azelaic acid (2): 578 mg (73%, >99% chemical purity by GC/MS and NMR); 1H NMR (CDCl3,
400 MHz) [44]: δ = 2.35 (4H, t with J = 7.4 Hz, 2CH2COOH), 1.75–1.55 (4H, m, 2CH2), 1.4–1.2 (6H, m,
3CH2). 13C NMR (CDCl3, 100.6 MHz) [44]: δ = 180.2, 34.2, 29.0, 28.9, 24.3. GC/MS (EI) as a methyl
ester, obtained by treatment with MeOH and trimethylsilyldiazomethane 10% in hexane, tr = 13.9 min:
m/z (%) = 185 (M+ - 31, 55), 152 (100), 143 (47), 111 (63).

Pelargonic acid (3): 512 mg (77%, 91% chemical purity by GC/MS); 1H NMR (CDCl3, 400 MHz) [45]:
δ = 2.35 (2H, t with J = 7.5Hz, CH2COOH), 1.75–1.55 (2H, m, CH2), 1.4–1.2 (10H, m, 5CH2), 0.80–0.95
(3H, m, CH3). 13C NMR (CDCl3, 100.6 MHz) [45]: δ = 180.5, 34.2, 31.9, 29.3, 29.20, 29.18, 24.8, 22.7, 14.2.
GC/MS (EI) as a methyl ester, obtained by treatment with MeOH and trimethylsilyldiazomethane 10%
in hexane, tr = 9.33 min: m/z (%) = 172 (M+, 0.5), 141 (15), 129 (18), 87 (45), 74 (100).

5. Conclusions

The chemo-enzymatic conversion of oleic acid into azelaic and pelargonic acids herein described
represents a sustainable alternative to ozonolysis, currently employed at the industrial scale. Azelaic
acid can be produced in high chemical purity in 44% isolation yield after three steps, avoiding
column chromatography purifications. Intermediate diol 10 and final azelaic acid 2 are purified by
crystallization from acetonitrile and water, respectively. The procedure shows some valuable aspects,
even if it is not a one-pot process, as those using H2O2 and tungsten derivatives already known in the
literature [13–18].

The reagents of the three steps are: (i) H2O2 35% for the epoxidation of acid 4 and the oxidative
cleavage of diketone 11, and atmospheric oxygen for diol 10 oxidation, both producing H2O as a
by-product; (ii) H2O for the acid-catalyzed hydrolysis of both epoxide 9 and anhydride 12, generating
no side-product, being fully incorporated in the reacting products. The organic solvents used during
the reactions are limited to acetonitrile and toluene; water and ethyl acetate are employed for quenching
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and separation procedures. The final oxidative cleavage of dioxo derivative 11 occurs in mild conditions
and generates a very tiny quantity of oxidized impurities, thus increasing the economic value of the
process, and reducing the complexity and cost of final azelaic acid purification. Hydrogen peroxide is
itself very effective in promoting the cleavage with no need for catalysts or harsh acidic or alkaline
conditions and generating water as a side-product. The reaction medium can be either toluene or
acetonitrile. The use of an enzymatic method to produce in situ H2O2 will be considered for further
development of the process.

Studies are now in progress to apply this synthetic procedure to soapstock recovered from the
neutralization step during vegetable seed oil refining at Oleificio Zucchi. A pre-treatment step has to
be added where the lipase-mediated hydrolysis of the triglycerides, which are inevitably present in
this by-product, is carried out.

A further development of the process will also be the optimization of the entire sequence in
continuous flow mode, taking advantage of the fact the enzyme employed for the generation of the
key peroxy species is already marketed in immobilized form. Besides an expected higher productivity
value and an advantage for the process scalability study, the use of a continuous flow reactor will most
likely increase the stability of lipase, and allow for a more reliable evaluation of lipase reusability.

Supplementary Materials: The following are available online, Table S1: Effect of H2O2/oleic acid molar ratio and
temperature on the chemo-enzymatic epoxidation of oleic acid, Table S2: Effect of the amount of lipase and solvent
on the chemo-enzymatic epoxidation of oleic acid, Table S3: Effect of the amount of aqueous 2M sulfuric acid
on the ring-opening of epoxystearic acid 9, Characterization of 8-((2SR,3RS)-3-octyloxiran-2-yl)octanoic acid (9),
Recovery and re-use of Novozyme 435, Procedure for the oxidative cleavage of 9,10-dioxostearic acid (11) to give a
mixture of 9-(nonanoyloxy)-9-oxononanoic acid (12), azelaic (2), and pelargonic acid (3), Column chromatography
separation of azelaic (2) and pelargonic acid (3).
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Abstract: Mutagenesis and adaptation of the psychrotrophic fungus Chrysosporium pannorum A-1 to
the toxic substrate β-pinene were used to obtain a biocatalyst with increased resistance to this terpene
and improved bioconversion properties. Mutants of the parental strain were induced with UV light
and N-methyl-N′-nitro-N-nitrosoguanidine. Mutants resistant to β-pinene were isolated using agar
plates with a linear gradient of substrate concentrations. Active mutants were selected based on their
general metabolic activity (GMA) expressed as oxygen consumption rate. Compared to the parental
strain, the most active mutant showed an enhanced biotransformation ability to convert β-pinene to
trans-pinocarveol (315 mg per g of dry mycelium), a 4.3-fold greater biocatalytic activity, and a higher
resistance to H2O2-induced oxidative stress. Biotransformation using adapted mutants yielded twice
as much trans-pinocarveol as the reaction catalyzed by non-adapted mutants. The results indicate that
mutagenesis and adaptation of C. pannorum A-1 is an effective method of enhancing β-bioconversion
of terpenes.

Keywords: adaptation; biotransformation; UV/NTG mutagenesis; psychrotrophs; terpenes

1. Introduction

Terpenes are valuable natural substrates commonly used in the production of fine chemicals.
Turpentine, obtained from biomass and also as a side product of the softwood industry, is rich in
monoterpenes, such as α-pinene and β-pinene, which are widely used as raw materials in the synthesis
of flavors, fragrances, and pharmaceutical compounds [1,2]. Oxidative transformation of abundant
and low-priced monoterpenes holds considerable potential for the production of a wide variety
of different terpenoid derivatives which are difficult and often costly to obtain directly from plant
species. Oxygenated monoterpenes are the main flavor and fragrance impact molecules of essential
oils. Many of them have beneficial effects on health [3–5], including anti-inflammatory activity [6].
However, their high volatility, poor solubility in aqueous media, and natural toxicity to microorganisms
still limit the use of these compounds in applied biocatalysis. These limitations can be overcome
by slow/gradual addition of terpene into the reaction medium, use of biphasic systems containing
biocompatible organic solvents or a co-solvent, and in situ product removal techniques [7–9].

β-Pinene is commercially available at US$ 36 per kg, whereas the price of its oxygenated
derivative, trans-pinocarveol, can be as high as US$ 134,000 per kg [10,11]. There are data regarding the
antimicrobial properties of β-pinene, used either as a purified chemical or as a constituent of essential
oils [12,13]. Some studies have also demonstrated that β-pinene and trans-pinocarveol, contained in
the oils, show various biological effects [14–18].
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Some microbial isolates have been found capable of transforming β-pinene into α-terpineol [19].
However, the rate and direction of the conversion are often inadequate for the process to be economically
viable [20].

Strain developers have searched for improved strains among random survivors of mutagenesis.
Even though the outcome of classical mutagenesis is difficult to predict, and the selection of mutants
is always phenotypic, it still remains a fact that many producer strains with enhanced productivity
currently used in industrial processes have been generated by random mutagenesis [21–23]. In contrast
to genetic engineering methods, classical mutagenesis facilitates obtaining highly efficient mutants
in an easy and rapid way without specialized knowledge about microbe genomes. To obtain
the required mutants, experimenters have enriched cell populations by culturing them in special
environmental conditions, toxic to most cell types but less toxic or non-toxic to a desired minority of
cells [24–28]. Induced mutation has been successfully used in a number of microbial processes (other
than biotransformation) employed in the production of useful end products [27–29].

Organic-solvent-tolerant mutants of bacteria can be selected using mutagen treatments or
genetically engineered from solvent-sensitive parental strains [30–32]. Microbial tolerance to organic
solvents can be improved by transforming cloned genes which encode various proteins involved in
this tolerance, located in the cytoplasm or the inner or outer membrane [33,34]. Overexpression of
genes which confer tolerance to specific organic solvents results in enhanced tolerances, which can be
put to practical use [35].

Mutants resistant to a particular type of abiotic stress were better adapted to other stress conditions,
as expressed by their enzymatic activities. The ability of one stress condition to provide protection
against other stresses is referred to as cross-protection [36]. Adaptation processes are used in many
branches of industrial biotechnology, including biotransformation of chemical compounds [37–39],
biofuel production [40,41], and polymer synthesis [42].

In a previous paper, we demonstrated that the psychrotrophic fungus Chrysosporium pannorum
A-1 showed promise for the biotransformation of (1S)-(−)-α-pinene because it could be used at 20◦C.
This is an advantage in bioprocess involving volatile terpenes. Thus far, it has also given the best yields
of verbenol and verbenone (722 and 176 mg/L, respectively) among the microorganisms studied [43].

In the present experiments, mutagenesis (UV irradiation and N-methyl-N′-nitro-
N-nitrosoguanidine (NTG)) and adaptation to a toxic substrate (β-pinene) were used to select
mutants of the psychrotrophic fungus C. pannorum A-1 characterized by an improved efficiency
of biotransformation of β-pinene to the main product trans-pinocarveol.

2. Results and Discussion

Biotransformation of hydrophobic terpenes is limited by their toxicity to microbial biocatalysts.
The metabolic activity of microorganisms, which is strongly dependent on environmental parameters,
may also be affected by stressful conditions. It has been shown that the effectiveness of biotransformation
largely relies on the interactions between the biocatalyst and environmental stressors, which may
increase the yields of biotransformation products [44]. The influence of preincubation of the fungus
C. pannorum A-1 under different stress conditions (organic solvents, medium pH, and temperatures)
on its activity in oxidative bioconversion of α-pinene to verbenone and verbenol was examined in
our previous study [44]. Since many genes are responsible for resistance to abiotic stresses, classical
mutagenesis methods combined with adaptation can provide an alternative for fast generation of
efficient mutants. Mutants characterized by resistance to different stress factors can be of potential use
for biotransformation of toxic organic compounds. Classical mutagenesis is especially important when
the metabolic pathways and the genome in the host strain have not yet been determined, as is the case
with C. pannorum, the species used in the present study.

The lethal effect of UV used along with 0.01% NTG was studied by exposing C. pannorum A-1 to
these mutagens for different time periods. The results show that the survival rate dropped significantly
at a UV exposure time longer than 10 min and an NTG exposure time longer than 5 min. More

116



Molecules 2020, 25, 2589

precisely, it was found that 10 min of exposure to UV and 5 min of exposure to 0.01% NTG resulted
in an approximately 9.6% survival rate, while 10 min of UV irradiation combined with 10–15 min of
exposure to 0.01% NTG gave a survival rate of 1.6%. When exposure times were prolonged to 20 min
for 0.01% NTG and 15 min for UV, the survival rate decreased dramatically to 0.37% (Table S1).

The gradient plate technique was found to be applicable to our mutant selection procedure,
which uses β-pinene, a compound poorly soluble in water. We confirmed the linear concentration
gradient of this substrate in agar plate regions (by Gas Chromatography (GC) analysis, data not
shown). The gradient was consistent with the number of colonies growing in particular agar plate
regions (Figure S1). A total of 137 mutants that grew well in the regions with the highest β-pinene
concentration were isolated, and their general metabolic activity (GMA) was determined. Thirty
mutants characterized by a higher GMA compared to non-treated strain were selected for further
experiments. They were transferred to adaptive medium containing β-pinene and to non-adaptive
malt agar medium (Figure S2).

Then, a second selection round was performed on the basis of the mutants’ GMA. The results
for the most active mutants are given in Figure 1 and oxygen uptake rates are shown in Table S2.
In this selection round, twelve most active mutants were selected, which constituted 8.8% of all
mutants. They were used for β-pinene biotransformation. Some of the mutants showed a substantially
increased capacity to transform β-pinene to trans-pinocarveol (Figure 2). The most active non-adapted
mutant (2–3) was characterized by a 2.4-fold increased biotransformation activity, whereas the average
increase in activity among non-adapted mutants was 1.2-fold compared to the parental strain (p < 0.05)
(ANOVA, Tukey‘s test). The efficiency of the biotransformation performed using mutants adapted to
1% β-pinene was on average 1.7-fold higher (per 1 g of dry weight of mycelium) than for non-adapted
mutants. Large increases in biotransformation activity were observed for mutants: 2–6 (4.0-fold), 1–6
(2.4-fold), and 1–11 (1.8-fold). The most active mutant (1–15) was characterized by a 4.3-fold and 7-fold
higher biotransformation yield in comparison to the adapted control and the non-adapted control,
respectively (p < 0.05) (ANOVA, Tukey‘s test). The results are presented in Figure 2.

  

Figure 1. General metabolic activity (GMA) of 12 mutants of C. pannorum A-1 adapted to toxic β-pinene
and selected for their high biotransformation ability. A non-treated wild strain was used as a control.
Biomass concentration in each sample was 5 g dry mass per L.
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Figure 2. Effect of mutagenesis and adaptation to the substrate β-pinene on the biotransformation
yield of 12 most active mutants of C. pannorum A-1. Non-treated parental strain and parental strain
adapted to pinene were used as controls.

The main product of β-pinene biotransformation by the examined mutants was trans-pinocarveol,
except for mutant 9–15, which accumulated substantial amounts of an unidentified product with a
retention time of 20.1 min (the mass spectrum of this product is shown in Figure S3). This compound
is probably produced by further metabolization of trans-pinocarveol, which might be catalyzed by a
nonspecific enzyme induced during pinene biotransformation. This is more likely than not, as the
fungal mutants neither grew on trans-pinocarveol as sole carbon source nor biotransformed it (data
not shown). The fact that only one main product, with small total amounts (≤ 35%) of side-products
(Figure 3), was produced is advantageous because usually biotransformation processes yield mixtures
of different compounds which are then more difficult to separate.

 

Figure 3. Gas Chromatography with Flame-Ionization Detection (GC-FID) chromatogram of main
terpenoids obtained after 48 h of biotransformation of β-pinene by mutants of C. pannorum A-1.
The initial substrate concentration was 1% (v/v). The red chromatogram refers to an abiotic control.
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For the twelve most active mutants, β-pinene biotransformation efficiency was associated with
the survivability of conidia (in the range from 1.6 to 9.6%) after mutagenesis (Table 1). The highest
biotransformation efficiencies were obtained by the mutants which showed 9.6% conidia survivability.
An increase in the biotransformation of α-pinene to verbenol using Aspergillus niger and Penicillium
spp. after treatment with UV irradiation, colchicine, or ethyl methanesulfonate (EMS) was reported by
Agrawal et al. [45]. The best results were obtained when UV irradiation was used: the biotransformation
efficiency increased 15- and 8-fold, respectively, reaching 58.5 mg/g d.w. × L (mg of the product per
gram of dry weight of the mycelium per liter aqueous phase) for A. niger and 19.5 mg/g d.w. × L for
Penicillium spp. By contrast, both strains produced substantially lower quantities of verbenone for all
the treatments used, relative to the wild-type strain. In addition, compared to our study, those authors
obtained much lower (5.4–16.2-fold) product concentrations [45].

Table 1. Relationship between survivability of conidia obtained using mutagenesis and the efficiency
of biotransformation of β-pinene to the main product trans-pinocarveol by mutants of C. pannorum A-1.

Variant of
Mutagenesis

Survivability [%]
The Most

Biotransformation-Active
Mutants

Efficiency of
Biotransformation

[mg/g d.w. × L]

10 min UV + 5 min
NTG

9.6

1–15 1 314.7 (±25.3)
1–6 1 147.2 (±11.9)
1–11 1 121.4 (±9.5)
8–3 1 88.5 (±6.3)
1–16 1 85.6 (±6.0)

10 min UV + 10 min
NTG

1.6

2–6 1 290.8 (±20.4)
2–3 2 109.4 (±14.2)
2–11 1 82.2 (±13.1)
2–10 1 77.8 (±10.1)
9–10 1 52.6 (±3.7)

1 adapted mutants; 2 non-adapted mutant. NTG – N-methyl-N′-nitro-N-nitrosoguanidine.

Phenomena associated with the adaptation of microbial cells to high concentrations of toxic
substrates have been investigated in various studies [46–51]. For example, exposure of yeast cells to a
stepwise increase in the level of ethanol stress has been shown to be an effective method of obtaining
ethanol-tolerant yeast strains [46]. Compared with the parental strain, chemically mutagenized and
spontaneous mutants exhibited increased acclimation and elevated growth rates when cultivated
in sublethal ethanol concentrations, and they showed an increased survivability in lethal ethanol
concentrations. Their higher tolerance to ethanol was due to the fact that they showed elevated glycerol
production rates, which, in turn, was associated with an increase in the ratio of oxidized and reduced
forms of nicotinamide adenine dinucleotide (NAD+/NADH) in an ethanol-compromised cell, which
stimulated the yeast cells’ glycolytic activity [52].

Until now, no data have been published on the induction of psychrotrophic mutants using
mutagenesis and adaptation to toxic substrates. There are also no reports on the ability of psychrotrophic
fungi to biocatalyze the oxidation of β-pinene at temperatures below 25 ◦C. In this study, we attempted
to fill the gap in previous research by establishing whether the mutants of the fungus C. pannorum A-1
had the biotechnological capability to catalyze an oxidation reaction at a low temperature and we also
wanted to select mutants which produced high yields of high-value terpenoids from β-pinene. As far
as we know, there are also no comprehensive reports regarding the effect of cell oxygen uptake on
the biocatalytic activity of fungi. In our first experiments (Figures 1 and 2), no correlation was found
between oxygen consumption by the fungal strains and the efficiency of the β-pinene biotransformation
reaction estimated after 48 h. Therefore, the kinetic experiment was performed to analyze differences
in the biocatalytic activities between the parental strain and mutant 1–6, which differed in oxygen
uptake rate (k = 0.0271 and k = 0.0445, respectively) (Table S2). Attention was paid to some of
the most important biocatalyst characteristics, such as resistance to process conditions and a short
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biotransformation time. An increase in biomass growth was observed during biotransformation
on basal medium (BM) (Figure 4A). A higher biomass yield was produced by the parental strain
(p < 0.001) (ANOVA, Tukey‘s test). On the rich BM medium, the metabolism of the parental strain was
geared toward utilization of carbon, phosphorous and nitrogen sources (i.e., primary metabolism).
In consequence, the higher biomass yield was accompanied by a higher trans-pinocarveol yield,
compared to the mutant (Figure 5). However, in these conditions, the mutant adapted to β-pinene
showed a shorter biotransformation time (36 h) in comparison to the parental strain (48–60 h) (p < 0.05)
(ANOVA, Tukey‘s test). In the case of the mutant, a lower yield of trans-pinocarveol was obtained
along with a higher substrate depletion (Figure 5B). This indicates that further metabolization of the
product must have occurred.

 

(a) (b) 

Figure 4. Cell growth rate of wild-type strain and mutant 1–6 of the fungus C. pannorum A-1 during
biotransformation on rich basal medium (BM) (a) and 1% glucose medium containing phosphate buffer
(b). Biotransformation conditions: temperature, 20 ◦C; initial β-pinene concentration, 1% (v/v). Bars
represent the standard deviation of two independent samples.

 

Figure 5. Time course of β-pinene biotransformation on basal medium (BM) by the wild-type strain
(A) and mutant 1–6 (B) of the fungus C. pannorum A-1. An identical biomass concentration (1.5 g dry
mass per L) was used in each sample. Bars represent the standard deviation of two independent samples.
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When incubated in phosphate buffer, mutant 1–6 produced an about 1.4-fold higher yield of
trans-pinocarveol from β-pinene compared to the parental strain (Figure 6) (p < 0.05) (ANOVA, Tukey‘s
test). These two strains also differed in the optimum biotransformation time (depending on the main
product), which varied from 48 to 72 h for the parental strain, and was 48 h for the mutant. The amount
of dry mycelium of both strains decreased gradually over a period of 60 h after biotransformation on
the buffer medium (Figure 4B), due to autolysis induced by nutrient deprivation.

 

Figure 6. Time course of β-pinene biotransformation by the wild-type strain (A) and mutant 1–6
(B) of the fungus C. pannorum A-1 in phosphate buffer containing 1% glucose. An identical biomass
concentration (2.35 g dry mass per L) was used in each sample. Bars represent the standard deviation
of two independent tests.

The fact that the mutant produced higher yields of the unknown product (RT = 20.1 min) and
caused higher substrate depletion (48 h) compared to the parental strain (72 h), (p < 0.05) (ANOVA,
Tukey‘s test) confirmed the higher biocatalytic activity of the former. The results showed that
biotransformation efficiency could be improved by using psychrotropic mutants characterized by
higher oxygen consumption rates relative to the wild-type strain. Our results are consistent with the
findings of Weber et al., who observed an appreciable increase in the rate of oxygen consumption
by the mesophilic fungus Cladosporium sphaerospermum after addition of biodegradable substrates
(i.e., benzyl alcohol, benzaldehyde, and catechol) [53].

A comparison of the biocatalytic efficiencies of the mutants adapted versus non-adapted to the
substrate showed that the former produced higher yields of the biotransformation product (Figure 3).
Cell adaptation to a solvent, substrate, and/or product has been found to be a successful strategy
for reducing reagent inhibition in bioconversion systems [54,55]. Pre-delivery of low amounts of
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such compounds may result in increased synthesis of enzymes responsible for the transformation
of xenobiotics [56]. Psychrotrophic fungi are adapted to survive in cold and very nutrient-poor
environments, mainly due to the composition of their cell membranes and proteins. In addition, their
enzymes are able to transform many xenobiotics into compounds that can be used as energy sources
or ones that are less toxic to the cell [57–59]. The appearance of xenobiotics in the environment may
cause stress to microorganisms, which, in turn, may induce adaptation mechanisms, such as changes in
membrane composition or activation of genes responsible for the synthesis of chaperone proteins and
catabolic enzymes, mainly cytochromes P450 [60,61]. Adaptation of microorganisms to a toxic substrate
or induction with sublethal concentrations thereof often gives them an appropriate phospholipid
profile [62,63]. In addition, bacterial cells (e.g., Pseudomonas rhodesiae) exposed to such harmful solvents
as toluene and chloroform often undergo permeabilization, which increases biotransformation rates
by improving the diffusion of products and substrates through the cell membrane [64]. Moreover,
adaptation responses to one sub-lethal stress can lead to reduced susceptibility to a different stress
(cross-protection or cross-adaptation) [65].

Since sublethal stresses in the β-pinene environment might induce stress-adaptive responses that
could possibly make fungal cells resistant to other lethal stress factors [66], in the next experiment,
we examined the resistance of C. pannorum A-1 strains to hydrogen peroxide. A remarkable increase
in the decomposition of H2O2 was observed for mutant 1–6 relative to the wild strain. A 3-fold
higher concentration of H2O2 (1.5% v/v) was required to inhibit the metabolic activity of the mutant
compared to the wild strain (0.5% v/v), as shown by detection of H2O2 (undecomposed by catalase)
in the medium after 1 h incubation (Table 2). This result was confirmed by measuring the GMA of
the H2O2-stressed mycelia (pre-incubated with H2O2 at concentrations of 0.1–5% v/v). The examined
concentrations of H2O2 above 0.1% caused a gradual fall in the rate of oxygen uptake by parental C.
pannorum A-1 (Figure 7A). Incubation in the presence of 1.0% of H2O2 led to an almost total inhibition
of oxygen consumption by the mycelium of this strain. A much smaller respiration-suppressing
effect was observed for mutant 1–6, for which the total inhibitory concentration of H2O2 was as high
as 5% (Figure 7B). This finding shows that biotransformation of volatile terpenes can be run under
unconventional oxygenation of the culture with hydrogen peroxide (H2O2) as a supplemental oxygen
source [67,68].

Table 2. Comparison of resistance of the parental strain and mutant 1–6 of the fungus C. pannorum A-1
to hydrogen peroxide as measured by their H2O2 decomposition capacity.

Presence of Hydrogen Peroxide in the Medium After 1-h Incubation

H2O2 Concentration % (v/v) Wild-Type Strain Mutant 1–6

Control − −
0.1 − −
0.5 + −
1.0 + −
1.5 + +
2.5 + +
5.0 + +

Control – mycelium incubated without an addition of H2O2; (–) – not detected; (+) – detected.

We showed that the mutants characterized by a higher GMA exhibited both a higher
biotransformation rate and a higher resistance to H2O2-induced oxidative stress, compared to the
wild strain; cell adaptation to monoterpene, β-pinene enhanced this effect. Sequential adaptation of P.
digitatum NRRL 1202 to small doses of (R)-(+)-limonene led to a 12-fold increase in the efficiency of the
biotransformation of this compound to α-terpineol in relation to an uninduced strain [69]. Adaptation
of Rhodococcus erythropolis cells to increasing concentrations of carveol (substrate) and carvone (product)
in n-dodecane prior to biotransformation resulted in an 8.3-fold increase in the carvone production
rate [70]. Induction with styrene of Pseudomonas sp. VLB120DC, a strain capable of processing styrene
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into pure enantiomeric (S)-styrene oxide, allowed to obtain a specific oxygenase activity of 60–70
U/g cell dry weight (CDW), where the activity of uninduced cells remained at the level of 0.7 U/g
CDW [42]. Salmonella enterica serovar Enteritidis adapted to ethanol developed cross-tolerance to malic
acid, resulting in a doubling of the minimum bactericidal concentration and increased cell survival
rates [71].

Figure 7. Oxygen consumption rate by the mycelium of the wild strain (A) and mutant 1–6 (B) of C.
pannorum A-1 pre-incubated with different concentrations of H2O2. ***(p < 0.0001) indicate statistically
significant differences with respect to the control (mycelium incubated without the addition of H2O2).
Lowercase letters (a, b) indicate that the differences between control wild strain and the 1–6 mutant are
significant (p ≤ 0.0001).

3. Materials and Methods

3.1. Chemicals

(1S)-(−)-β-Pinene (98%), N-methyl-N′-nitro-N-nitrosoguanidine (NTG) (97%), and
trans-pinocarveol (≥96%) were purchased from Sigma-Aldrich, St Louis, MO, USA. (−)-Linalool, at a
purity of >97%, was obtained from Fluka, Buchs, Switzerland, and was stored at 4 ◦C. Hydrogen
peroxide (30%) and potassium iodide (>99%) were obtained from POCH, Gliwice, Poland.

3.2. Fungus and Media

The experiments were performed using the psychrotrophic fungus C. pannorum A-1 as the
host strain. Fungal cells had been isolated from soil samples collected in the Arctic tundra (West
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Spitsbergen) [72]. Prior to the experiments, the cells had been maintained on malt agar slants at 4 ◦C,
and subcultured every month. The cultivation and bioconversion procedures were carried out using
liquid basal medium (BM) composed of glucose 1%, malt extract 1%, peptone 0.5%, and yeast extract
0.5% (pH = 6.14). Adaptation experiments were carried out in adaptive medium M1 composed of
agarized BM diluted 10-fold with distilled water with an addition of β-pinene at a concentration of 1%
(v/v). β-pinene-resistant mutants were selected and isolated on the following solid media: 1. a gradient
medium consisting of BM and water with 1% β-pinene (M2); 2. a minimal medium composed of water,
mineral salts [K2HPO4 0.1%, (NH2)2SO4 0.5%, MgSO4 0.02%], and 1% β-pinene (M3); β-pinene was
dispersed as an emulsion in 10-fold diluted BM using 0.01% Tween 80. Agarized BM was used to
determine conidial survival.

3.3. Induction, Adaptation, and Selection of Mutants

Mutants were induced by treating a conidial suspension (2 × 106 spores mL−1) with UV irradiation
for 10 or 15 min (960 erg/mm2) and NTG at a final concentration of 0.01% for 5 to 20 min (UV-NTG
method) [73] with magnetic stirring (150 rpm) under room temperature according to the program
given in Table S1. After mutagenization, the surviving spores were spread on dishes with agarized BM
and incubated 4 days at 20 ◦C. The number of colonies formed was compared to control plates with
non-treated spores. At this stage, the drop in viability was over 90%. For further experiments, random
mutants which grew well in the presence of β-pinene were isolated. For this purpose, the colonies were
passaged several times on solid BM with the addition of 1% β-pinene and then sown on M2 medium
with a linear gradient of β-pinene concentrations according to the Gradient Plate technique [74].

To confirm the linear concentration of β-pinene in the agar plates, pieces of M2 medium were
extracted and analyzed using GC. Agar discs (6 × 8 in diameter) were cut with a sterile cork borer from
at least five regions. They were then extracted with EtOAc and subjected to pinene quantification.

For initial adaptation, a fragment of the mycelium of each mutant was transferred onto a Petri dish
containing 10-fold diluted BM (M1) with a hollow in the center filled with β-pinene (50 μL). Colonies
which grew the best were picked, and their general metabolic activity (GMA) was determined as the
oxygen consumption rate in phosphate buffer according to the procedure described below. The most
metabolically active mutants were transferred onto adaptive medium M1 containing β-pinene (adapted
mutants) or onto wort medium M1 without the substrate (non-adapted mutants). The mutants were
incubated for a month, after which another selection round was carried out based on GMA.

Mutants characterized by the highest GMA were transplanted onto slants with adaptive medium
M1, stored at 4 ◦C, and subcultured every month.

3.4. General Metabolic Activity (GMA) Assay

The general metabolic activity of the mycelium was determined as the oxygen uptake rate using a
calibrated VisiFerm DO Arc 225 electrode (Hamilton Robotics, Bonaduz, GR, Switzerland). Shaking
flask cultures (150 rpm) of the mutants were grown in liquid BM at 20 ◦C. After two days of growth,
25 mL mycelial culture of C. pannorum A-1 containing a fixed amount of fungal mycelium (5 g of dry
weight per L) was aseptically transferred into 100 mL beakers containing 50 mL of 0.05 M McIlvaine
buffer (pH 6) with an addition of 0.5% glucose. Finally, the samples were aerated to a dissolved oxygen
(DO) concentration of 100% air saturation and incubated with magnetic stirring (150 rpm) under a
controlled temperature (20 ◦C). The electrode was calibrated before each experiment by measuring its
signal in the air-saturated McIlvaine buffer prior to the addition of the mycelium. The values of the
readings were expressed as percent of dissolved oxygen saturation and were then converted to oxygen
uptake rate k [% × s−1]. In all experiments, mycelium was sampled directly from the pellet culture.
Care was taken to obtain samples representative of the different pellet sizes and mycelium weights.
Three independent experiments were performed. The results are reported as means of all replicates.
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3.5. Operation at Shake Flask Scale

To perform biotransformation experiments, 25 mL of sterile basal medium (in 100-mL Erlenmeyer
flasks) was uniformly inoculated with 1.5 mL of C. pannorum spore suspension (at concentration of
2 × 106 mL−1) and cultivated at 20 ◦C on a rotary shaker (150 rpm). The fungal spore suspension was
prepared as an inoculum using 6-day old spores pre-grown at 20 ◦C on agar slants, which were then
harvested, filtered through glass wool to remove hyphal fragments, and washed twice with sterile
distilled water with 0.01% Tween 80, pH 5.0. Biotransformation was started by directly adding 1%
v/v of β-pinene to the pre-grown 2 day-old mycelial culture using the procedure described in [43].
All β-pinene biotransformations were carried out in parallel with controls, in identical conditions,
using heat-inactivated microorganisms which had been autoclaved for 15 min at 121 ◦C.

For the kinetic experiment, mycelia of the parental strain and mutant 1-6 previously cultured for
2 d using the procedure described above, were harvested washed twice with sterile 0.1 M McIlvaine
buffer, pH 5.0. Next, equal amounts (by weight) of biomass were aseptically transferred to Erlenmeyer
flasks containing 25 mL of sterile media. Biotransformation of β-pinene (1% (v/v)) was performed on
BM and on phosphate buffer, pH 6, containing 1% glucose, using 1.5 and 2.35 g of dry mass per L,
respectively. The entire contents of three flasks were sacrificed each time at regular intervals (0, 12, 24,
36, 48, 60, 72, and 96 h) to assay the products of biotransformation. Growth was followed by measuring
the dry weight of mycelium. Mycelial biomass was determined gravimetrically, after washing with
0.1 M phosphate buffer, by drying to a constant weight in an oven at 105 ◦C for 3 h. It was expressed as
g/L dry weight.

The biotransformation yield was defined as the quantity of the product per gram of dry weight of
the mycelium per liter aqueous phase (mg/g d.w. × L).

3.6. Effect of Hydrogen Peroxide Concentration on the Metabolic Activity of the Parental and the Mutant Strain
of C. pannorum A-1

Identical amounts (2.65 g of dry weight per L) of two-day-old mycelia of the parental strain and
mutant 1-6 were washed twice with sterile 0.1 M phosphate buffer and transferred to 100 mL Erlenmeyer
flasks containing 40 mL dissolved BM with an addition of hydrogen peroxide at concentrations of
0.1, 0.5, 1.0, 1.5, 2.5, and 5% (v/v). After 60-min incubation at 20 ◦C with magnetic stirring (150 rpm),
the residual content of H2O2 was estimated in 1 mL aliquots of the medium using potassium iodide
and starch solution as an indicator. The pre-incubated biomasses were filtrated, washed twice with
sterile 0.9% NaCl solution, and then fixed amounts of the mycelia were suspended uniformly in 0.05 M
McIlvaine buffer (pH 6) with an addition of 1% glucose in order to measure the GMA of living mycelia,
according to procedure described in the ‘General metabolic activity assay’.

3.7. Biotransformation Analysis

After the specified biotransformation time, the biomass was harvested by filtration, and the liquid
for product recovery was extracted twice with an equal volume of diethyl ether in a separation funnel
for 10 min. Before extraction, 250 μL of a 0.1% internal standards (IS) solution in hexane was added to
the filtrate. The ether fraction was collected and concentrated on rotary vacuum evaporators (BUCHI,
Rotavapor R-200/205, Flawil, Schwitzerland) at a water bath temperature of 40 ◦C under mild pressure
of 800 mbar. The residues obtained were dissolved in 6 mL of hexane. Gas chromatography with
flame-ionization detector (GC-FID) (VARIAN, Palo Alto, California, USA) and mass specta coupled to
gas chromatography (GC-MS) (Thermo Finnigan, Trace DSQ GC/MS Ultra Chromatograph, Austin,
TX, USA) analyses of terpenes were conducted using the method reported previously [43]. Peaks were
identified by fitting the mass spectra to those from standard library database systems (HP Wiley,
NIST) and the MassFinder library and by comparing the GC retention indices to those of standard
compounds. Biotransformations were performed in three replicate samples, and the analyses were
carried out in duplicate. The error associated with the GC quantification of the samples was ±6% and
was quoted for a confidence interval of 94%. The data are reported as mean values.
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3.8. Statistical Analysis

The experiments were carried out in triplicate. The results shown in Figures 1 and 4–6 were
analyzed by a one-way analysis of variance (one-way ANOVA) followed by Tukey‘s post-hoc test
for multiple comparisons. Data from the comparison of the control strain and the 1–6 mutant were
analyzed statistically using the unpaired Student’s t-test (Figure 7). The statistical analysis was carried
out using GraphPad Prism for Windows version 5.03 (GraphPad Software, San Diego, CA, USA).
All results are presented as mean +/- SEM. p < 0.05 was considered statistically significant with a
confidence level of 95%.

4. Conclusions

The present results demonstrate that the adapted mutants of C. pannorum A-1 are characterized
by an enhanced resistance to stressful conditions. So far, however, they have shown moderate
biocatalytic activities, giving relatively high trans-pinocarveol yields, which means they are still
subject to optimization. The maximum trans-pinocarveol concentrations obtained in the experiment
reported in the present paper were in the range of 147.2–314.7 mg/g d.w. × L. In our non-optimized
flask system, we were able to biotransform of β-pinene worth US$ 0.36 to trans-pinocarveol with
a value of US$ 67 (per 1 L of batch culture), using the most active mutant. This result indicates
that C. pannorum A-1 and its mutants are efficient biocatalysts for the conversion of β-pinene to this
valuable product. Further improvement in β-pinene biotransformation may be achieved by selecting
blocked mutants of the isolated fungal strains, which would prevent further metabolization of the
main product (trans-pinocarveol). Filtration-enrichment methods for selecting auxotrophs may be
used for this purpose [75]. Moreover, optimization of the culture conditions in bioreactors is necessary
for the strain to be utilized in larger scale bioconversion processes, as some parameters, such as oxygen
supply or pH, cannot be controlled in a flask culture.

The results show that it is possible to increase the rate of positive mutations by using media with
a gradient of the toxic substrate and performing rapid initial evaluation of the GMA of the examined
mutants of C. pannorum A-1. The use of the gradient plate method and subsequent determination of
the GMA of the isolated mutants greatly simplifies the selection of substrate-resistant strains. Direct
screening has the advantage of significantly reducing the number of cultures isolated from plates,
which would normally require productivity to be tested in shake flask cultures. This method may
considerably improve the selection of β-pinene biotransformation-active microbial strains and also
other cultures showing biotransformation activity toward toxic substrates.

Supplementary Materials: The following are available online, Figure S1: Agar plate with linear gradient of
β-pinene concentration, Figure S2: Flowchart of the procedure for improving C. pannorum A-1 as a biocatalyst for
β-pinene biotransformation, Figure S3: Mass spectra of unknown compounds; RI = 1275, RT = 20.1 min, Table S1:
Variants of mutagenesis of the psychrotrophic fungus C. pannorum A-1 and their impact on survivability of conidia.
Survivability was expressed as the number of colonies formed compared to control plates with non-treated spores
after 2 days of incubation at 20 ◦C on agarized BM, Table S2: Oxygen uptake rate k [% × s−1] for the 12 most active
GMA mutants and parental strain. The standard deviation was approximately 3%

Author Contributions: Conceptualization, J.F. and M.T.; methodology, M.K., J.F., A.G. and M.T.; software, M.K.,
J.F., K.J. and M.T.; validation, M.K., A.G. and M.T.; formal analysis, M.K., K.J. and M.T.; investigation, M.K., K.J.
and A.G.; resources, M.K., J.F., A.G., and M.T.; data curation, M.K. and M.T.; writing—original draft preparation,
J.F. and M.T.; writing—review and editing, M.K., J.F. and M.T.; visualization, M.K. and K.J.; supervision, J.F. and
M.T.; project administration, J.F.; funding acquisition, M.K, J.F., A.G., K.J. and M.T. All authors have read and
agreed to the published version of the manuscript.

Funding: This research received no external funding.

Acknowledgments: The authors would like to thank Maria Curie-Skłodowska University in Lublin, Poland, for
providing institutional funds to support this work.

Conflicts of Interest: The authors declare no conflict of interest.

126



Molecules 2020, 25, 2589

References

1. Vespermann, K.A.C.; Paulino, B.N.; Barcelos, M.C.S.; Pessôa, M.G.; Pastore, G.M.; Molina, G.
Biotransformation ofα- andβ-pinene into flavor compounds. Appl. Microbiol. Biotechnol. 2017, 101, 1805–1817.
[CrossRef] [PubMed]

2. Surburg, H.; Panten, J. Common Fragrance and Flavor Materials: Preparation, Properties and Uses, Completely
Revised and Enlarged Edition, 5th ed.; Wiley-VCH Verlag GmbH: Weinheim, Germany, 2006.
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