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Following the “Molybdenum and Tungsten Enzyme conference—MoTEC2019” and
the satellite meeting on “Iron–Sulfur for Life”, we wanted to emphasize the link between
iron–sulfur clusters and their importance for the biosynthesis, assembly, and activity of
complex metalloenzymes in this Special Issue of Inorganics, entitled “Transition Metals in
Catalysis: The Functional Relationship of Fe–S Clusters and Molybdenum or Tungsten
Cofactor-Containing Enzyme Systems”.

Iron–sulfur (Fe–S) centers are essential protein cofactors in all forms of life. They are
involved in many of the key biological processes, including respiration, photosynthesis,
metabolism of nitrogen, sulfur, carbon and hydrogen, biosynthesis of antibiotics, gene
regulation, protein translation, replication and DNA repair, protection from oxidizing
agents, and neurotransmission [1]. In particular, Fe–S centers are not only involved as
enzyme cofactors in catalysis and electron transfer, but they are also indispensable for
the biosynthesis of complex metal-containing cofactors. A prominent example is repre-
sented by the family of radical/S-adenosylmethionine-dependent enzymes, which were
discovered in 2001 [2]. Members of this family play essential roles in the biosynthesis
of metal centers as complex as the iron-molybdenum cofactor (FeMoco) of nitrogenase,
the molybdenum cofactor (Moco) of various molybdoenzymes, the active sites of [Fe–Fe]-
and [Fe]-hydrogenases, and the tetrapyrrole cofactors of hemes, corrins, and chlorins. In
spite of the recent fundamental breakthroughs in metalloenzyme research, it has become
evident that studies on single enzymes have to be transformed into the broader context
of a living cell, where biosynthesis, function, and disassembly of these fascinating metal
cofactors are coupled in a dynamic fashion. The various biosynthetic pathways were
found to be tightly interconnected through a complex crosstalk mechanism that involves
the dependence on the bioavailability of distinct metal ions, in particular, molybdenum,
iron, and tungsten. The current lack of knowledge of such interaction networks is due to
the sheer complexity of the metal cofactor biosynthesis with regard to both the (genetic)
regulation and (chemical) metal center assembly.

This special issue intends to combine our recent knowledge on innovative model
complexes and biogenesis pathways by emphasizing how they are interconnected by
putting the focus on the metals, molybdenum, tungsten, and iron. In this issue, nine
contributions, including four original research articles and five critical reviews, will update
the reader on the broad spectrum of the role of molybdenum, tungsten, and iron in biology.

The understanding of the biological role of iron and the assembly of Fe–S clusters
is reviewed in detail by Srour et al. [3]. The connection and requirement of Fe–S cluster
assembly for the biosynthesis of the molybdenum cofactors is reviewed by Mendel et al. [4],
while tungsten-containing enzymes and their assembly are reviewed by Seelmann et al. [5].
The review by Yang et al. [6] highlights the past work on metal–dithiolene interactions and
how the unique electronic structure of the metal–dithiolene unit contributes to both the
oxidative and reductive half reactions in pyranopterin molybdenum and tungsten enzymes.
A more specific review focuses on the Moco and Fe–S cluster containing protein formate
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dehydrogenase. The review by Hille et al. [7] reports on the recent progress in the under-
standing of the maturation and reaction mechanism of the cytosolic and NAD+-dependent
enzyme from Cupriavidus necator. The review on formate dehydrogenase is complemented
by an original research article on the formate-hydrogen-lyase (FHL) complex in Escherichia
coli by Marloth et al. [8], which is composed of the molybdenum-containing formate dehy-
drogenase and type-4 [NiFe]-hydrogenase. The FHL complex is phylogenetically related
to respiratory complex I, and it is suspected that it has a role in energy conservation sim-
ilar to the proton-pumping activity of complex I. These results indicate a coupling not
only between Na+ transport activity and H2 production activity, but also between the
FHL reaction, proton import, and cation export. The original article by Huang et al. [9]
focuses on the [Fe]-hydrogenase (Hmd) that catalyzes the reversible heterolytic cleavage
of H2, and hydride transfer to methenyl-tetrahydromethanopterin (methenyl-H4MPT+).
The article reports on the crystal structure of an asymmetric homodimer of Hmd from
Methanolacinia paynteri (pHmd), and the results suggest that Lys150 might be involved in
the FeGP-cofactor incorporation into the Hmd protein in vivo.

The theoretical investigations by Rovaletti et al. [10] focus on the only binuclear
molybdoenzyme, the Mo–Cu CO dehydrogenase from Oligotropha carboxydovorans. This
original article studies the dihydrogen oxidation catalysis by this enzyme using QM/MM
calculations. The study by Ahmadi et al. [11] introduces Ni to the topic and studies
tetra-nuclear nickel dithiolene complexes.

In conclusion, we hope that these open-access contributions will serve as guiding
lights for future research into the biological role of molybdenum, tungsten, and iron, and
their interconnection at the cellular and enzymatic level. We thank the authors for their
original contributions for the special issue, and we thank the reviewers for their insightful
comments on each article.

Conflicts of Interest: The author declare no conflict of interest.
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Abstract: Iron–sulfur (Fe–S) clusters are protein cofactors of a multitude of enzymes performing
essential biological functions. Specialized multi-protein machineries present in all types of organisms
support their biosynthesis. These machineries encompass a scaffold protein on which Fe–S clusters
are assembled and a cysteine desulfurase that provides sulfur in the form of a persulfide. The sulfide
ions are produced by reductive cleavage of the persulfide, which involves specific reductase systems.
Several other components are required for Fe–S biosynthesis, including frataxin, a key protein of
controversial function and accessory components for insertion of Fe–S clusters in client proteins. Fe–S
cluster biosynthesis is thought to rely on concerted and carefully orchestrated processes. However,
the elucidation of the mechanisms of their assembly has remained a challenging task due to the
biochemical versatility of iron and sulfur and the relative instability of Fe–S clusters. Nonetheless,
significant progresses have been achieved in the past years, using biochemical, spectroscopic and
structural approaches with reconstituted system in vitro. In this paper, we review the most recent
advances on the mechanism of assembly for the founding member of the Fe–S cluster family,
the [2Fe2S] cluster that is the building block of all other Fe–S clusters. The aim is to provide a survey of
the mechanisms of iron and sulfur insertion in the scaffold proteins by examining how these processes
are coordinated, how sulfide is produced and how the dinuclear [2Fe2S] cluster is formed, keeping in
mind the question of the physiological relevance of the reconstituted systems. We also cover the latest
outcomes on the functional role of the controversial frataxin protein in Fe–S cluster biosynthesis.

Keywords: iron; sulfur; iron-sulfur cluster; persulfide; metallocofactor; ISC; SUF; NIF; frataxin;
Friedreich’s ataxia

1. Introduction

Iron–sulfur (Fe–S) clusters are small inorganic structures constituting the catalytic site of a
multitude of enzymes. They are among the oldest biological cofactors on earth. Their antique role may
date back to some four billion years ago, in the form of “Fe(Ni)–S” minerals catalyzing the first abiotic
reactions at the origin of life [1–3]. Fe–S clusters then became integral part of living organisms to fulfil a
wide range of biochemical reactions [4]. The use of Fe–S clusters by living organisms is now widespread
among the prokaryotic, archaeal and eukaryotic worlds [5–9]. Even viruses use Fe–S proteins for their
replication [10–12]. With 90 experimentally confirmed Fe–S cluster containing proteins and 60 based
on predictions, about 7% of the proteins encoded by the genome of Escherichia coli are Fe–S proteins,
which emphasizes the prominent roles of Fe–S clusters [13]. Fe–S clusters are composed of iron and
sulfide ions , hold in specific protein-binding sites that ligate the iron ions usually via the thiolate of
cysteines, but also the nitrogen of histidines and in some rare cases the nitrogen of arginines and oxygen
of aspartates or serines [14–17]. The most common forms of Fe–S clusters are the [2Fe2S], [4Fe4S] and
[3Fe4S] clusters which are the building blocks for more complex Fe–S clusters present in enzymes such

Inorganics 2020, 8, 55; doi:10.3390/inorganics8100055 www.mdpi.com/journal/inorganics3
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as nitrogenase, hybrid cluster protein and carbon monoxide dehydrogenase [18–20]. Their biochemical
functions can be divided into five main classes: electron transfer, redox catalysis, non-redox catalysis,
DNA/RNA binding and maturation of Fe–S cluster proteins [13]. These biochemical functions cover a
wide range of biological roles, including ATP production, protein synthesis, oxidative-stress defense
and maintenance of genome integrity [7,9,21].

Even though the structures of the elementary Fe–S clusters are relatively simple, these inorganic
compounds are not assimilated from the local environment, probably due to their instability. Thereby,
the use of Fe–S clusters was concomitant with the development of multi-protein machineries by living
organisms to support their biosynthesis [6–9,22]. Four machineries have been identified across species:
the NIF (nitrogen fixation), the ISC (iron–sulfur cluster), the SUF (sulfur mobilization) and the CIA
(cytosolic iron–sulfur cluster assembly) machineries that each have specialized functions [6–9,22].
In addition, carriers and accessory proteins achieve transport and insertion of Fe–S clusters in dedicated
client proteins [6,7]. In eukaryotes, more than 30 proteins are needed to perform their synthesis,
transport and insertion [6]. However, only a small subset of these proteins is required for their synthesis,
which includes a scaffold protein on which Fe–S clusters are assembled, a cysteine desulfurase providing
sulfur in the form of a cysteine bound persulfide (Cys-SSH) and a reductase to reduce the persulfide
into sulfide (Figure 1) [23–26]. In a second step, Fe–S clusters are transferred to recipient apo-proteins
with assistance of dedicated chaperones and accessory proteins (Figure 1) [6,7,27,28].

 

Figure 1. Main components of the bacterial and eukaryotic ISCmachineries. The bacterial ISC machinery
encompasses proteins encoded by the ISC operon (IscU, IscS, IscX, Fdx, HscA, HscB and IscA), as well

4
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as CyaY, Fenr, Grx4 and several late-acting components. Fe–S clusters are assembled on the IscU
scaffold; iron is provided to IscU by a still ill-defined iron chaperone; sulfur is provided by the cysteine
desulfurase IscS, and its activity is modulated by CyaY and IscX; and electrons are provided by Fdx that
is reduced by the flavodoxin/ferredoxin NADP reductase (Fenr). The [2Fe2S] cluster formed on IscU
is transferred to late-acting components by the ATP-dependent chaperone/co-chaperone HscA/HscB.
Grx4 may function as a relay to late-acting components among which is the IscA proteins that have
specialized functions in the assembly of [4Fe4S] clusters and/or insertion of [2Fe2S] and [4Fe4S]
clusters into recipients’ enzymes. In the eukaryotic ISC machinery, Fe–S clusters are assembled on
the ISCU scaffold, iron is provided to ISCU by a still ill-defined iron chaperone, sulfur is provided
by the cysteine desulfurase complex NFS1–ISD11–ACP, and electrons are provided by FDX2 that
is reduced by the NADPH-dependent ferredoxin reductase FDXR. Binding of ISD11–ACP to NFS1
maintains NFS1 in a soluble form. FXN stimulates the whole process by acting on the sulfur
donation step. The [2Fe2S] cluster formed on ISCU is transferred to late-acting components by the
ATP-dependent chaperone/co-chaperone HSPA9/HSC20 with assistance from the nucleotide exchanger
GRP75. GRX5 serves as a relay to late-acting components. The late-acting components, including ISCA,
have specialized functions in the assembly of [4Fe4S] clusters and insertion of [2Fe2S] and [4Fe4S]
clusters into recipients’ enzymes. The dashed blue arrows describe the supply of each element needed
to build a Fe–S cluster (iron, sulfur and electrons) and the proteins involved at these steps, without
assumption on the sequence order and coordination between these singular steps. The solid black
arrows describe actual sequence for Fe–S cluster biogenesis and transfer.

Despite huge progresses in the past 30 years to identify all the components of the assembly
machineries, a central question remains how Fe–S clusters are assembled. While iron–sulfur clusters can
form spontaneously in vitro by mixing iron and sulfide ions in the presence of scaffolding molecules,
the biological processes of their synthesis rely on tightly orchestrated reactions to coordinate iron and
sulfur insertions in the scaffold proteins. In recent years, combinations of biochemical, spectroscopic,
structural and computational approaches with in vitro reconstituted machineries have significantly
contributed to the understanding of the mechanism of Fe–S cluster assembly and the specific role
of each component of these machineries. Besides, handling these reconstituted systems is a major
challenge as reconstituted system can generate free sulfide, which contributes to Fe–S cluster formation
in vitro. This process is not expected to be productive of Fe–S clusters in vivo as the sulfide ions
can freely diffuse outside of the biosynthetic complexes. Moreover, iron can bind non-specifically to
proteins thereby masking specific iron-binding sites. An additional level of complexity arises with the
formation of the [4Fe4S] clusters. The current view is that [4Fe4S] clusters are synthesized by reductive
coupling of two [2Fe2S] clusters, thus that the [2Fe2S] cluster is the elementary building block of all
Fe–S clusters in the cell [6,25,29–33].

This review focuses on the subset of proteins that ensure the biosynthesis of the [2Fe2S] cluster,
with a special emphasis on the questions of the synchronization of iron and sulfur supplies to the
scaffold proteins, how persulfide is reduced into sulfide and the mechanism of nucleation of iron and
sulfide ions leading to formation of the dinuclear [2Fe2S] center. We also review the latest data on the
role of the frataxin protein, a key protein in the Fe–S cluster assembly process, the function of which
has remained controversial until very recently.

2. Overview of the Fe–S Cluster Assembly Machineries

The NIF system was the first multi-protein machinery to be discovered, in the late 1980s, by Denis
Dean’s group [34–36]. In nitrogen-fixing bacteria, this machinery is dedicated to the biosynthesis
of the M/V and P clusters of the nitrogenase enzyme [18,34–38]. This machinery encompasses two
main components, NifU, the scaffold protein and NifS, a cysteine desulfurase that is the source of
sulfur [35,36]. Cysteine desulfurases convert the sulfur from the amino acid l-cysteine into a cysteine
bound persulfide intermediate (Cys-SSH) that is a source of sulfide ions upon reductive cleavage of
its S–S bond. The discovery of cysteine desulfurase was a major advance since this mechanism now
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appears as a universal mode of sulfur delivery, not only for Fe–S clusters, but also for the production of
a wide variety of sulfur containing biomolecules such as thiolated tRNA, thiamine and Moco [39,40].

In early 1990s, the ISC and SUF machineries were identified as the general providers of Fe–S
clusters in most organisms, with the exception of some non-nitrogen fixing bacteria that lack the ISC
and SUF machineries, in which the NIF machinery is the general source of Fe–S clusters [5,6,8,9,41–46].
Genome wide analysis show that the occurrence of the SUF system is much higher than the ISC one
in bacteria and archaea, thus that the SUF system is the housekeeping assembly machinery in these
organisms [47]. In contrast, nearly all eukaryotic organisms rely exclusively on the ISC system that was
acquired from bacteria upon endosymbiosis [48], with the exception of plants that rely on both, the ISC
and SUF systems [49,50]. In bacteria that encodes both the ISC and SUF machineries, the SUF machinery
is expressed under oxidative-stress and iron-deprivation conditions, and in plants, it is expressed in
the chloroplast, a compartment that is more exposed to oxidative conditions [8,45]. The underlying
reason is that the SUF machinery is more resistant to oxidative stress [51] and handles iron apparently
in a more efficient way than the ISC machinery. This raises important questions on the features of the
mechanisms of Fe–S cluster assembly that provide such specificities to the ISC and SUF machineries.
Some bacteria also express an incomplete machinery, the CSD (cysteine sulfinate desulfinase) system
that includes only two components: the cysteine desulfurase CsdA and the sulfur acceptor CsdE that
are homologous to the SufS and SufE components of the SUF machinery [9]. The CSD machinery
apparently participates to Fe–S cluster biosynthesis by providing sulfur to the SUF machinery [52].

The CIA machinery is present in the cytoplasm of eukaryotic organisms, and in contrast to the
other machineries, is not autonomous for sulfur acquisition. Although the cysteine desulfurase of the
ISC machinery, NFS1, is also present in the cytoplasm, albeit at very low concentrations, it does not
provide sulfur to the CIA machinery [53–56]. Instead, the CIA machinery uses a, as of yet, not identified
compound synthesized by the mitochondrial ISC machinery, either a sulfur containing molecule or
a preassembled [2Fe2S] cluster [7,25,57]. It is thus unclear whether the CIA machinery is able to
synthesize de novo the [2Fe2S] building block. Consequently, we do not cover this topic here.

3. Mechanism of Assembly by the ISC Core Machinery

In bacteria, the genes encoding the components of the machineries are organized in operons.
In E. coli, the ISC operon encodes eight proteins: IscU, the scaffold protein, IscS, the cysteine desulfurase,
Fdx, a [2Fe2S] cluster ferredoxin, HscA and HscB, a chaperone/co-chaperone system involved in
the transfer of Fe–S cluster from IscU to acceptor proteins, IscA, a scaffold and/or carrier protein,
IscX, a putative regulator of the activity of IscS and IscR a transcriptional regulator of the whole
operon (Figure 1) [22]. Homologs of IscU, IscS, Fdx, IscA, HscA and HscB were later found in yeast,
mammals and other organisms with major contributions from Roland Lill’s lab to these discoveries
(Table 1) [6]. Thereafter, the nomenclature of the protein names of each species is used to describe
particular experiments and a double nomenclature bacteria/mammal for more general considerations.
Among the proteins of the ISC machinery, IscS/NFS1, IscU/ISCU and Fdx/FDX2 together form the
core complex for the biosynthesis of [2Fe2S] clusters, while the IscA/ISCA proteins have specialized
functions in the synthesis of [4Fe4S] clusters from [2Fe2S] clusters and/or transfer of Fe–S clusters
(Table 1 and Figure 1) [29–32]. Additional proteins that are not encoded by the ISC operon are needed
for the biosynthesis of Fe–S clusters. A flavin-dependent ferredoxin reductase (Fenr/FDXR) that uses
electrons from NAD(P)H to reduce the [2Fe2S] cluster of Fdx/FDX2 (Table 1 and Figure 1). The frataxin
protein (CyaY/FXN) is also important for efficient Fe–S cluster synthesis (Table 1, Figure 1) [58,59].
Its exact role is a matter of controversy that we discuss later on [58]. In eukaryotes, ISD11, a protein
belonging to the LYRM (Leu–Tyr–Arg motif) family, and the acyl carrier proteins (ACP) together form
a complex with NFS1. The role of the ISD11–ACP complex is incompletely understood, it apparently
controls the stability of NFS1 in response to the level of acetyl-CoA [60].
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Table 1. Corresponding names of the components of the iron–sulfur cluster (ISC) machinery and
accessory proteins in prokaryotes, yeast and mammals.

Functional Role Prokaryote Yeast Mammal

Mitochondrial iron transporter - Mrs3/4 MFRN1/2

U-type scaffold IscU Isu1/2 ISCU

Cysteine desulfurase IscS Nfs1 NFS1

Desulfurase-interacting protein 11 - Isd11, Lyrm4 ISD11, LYRM4

Acyl carrier protein ACP ACP ACP

Frataxin CyaY Yfh1 FXN

IscX IscX - -

Ferredoxin Fdx Yah1 FDX2

Ferredoxin reductase Fenr Arh1 FDXR

Hsp70 chaperone HscA Ssq1 HSPA9

J-type co-chaperone HscB Jac1 HSC20

Nucleotide exchanger - Mge1 GRPE

Glutaredoxin Grx4 Grx5 GRX5

A-type scaffold IscA Isa1/2 ISCA1/2

Late-acting components

- Iba57 IBA57

Bola Bola1 BOLA1

- Bola3 BOLA3

NfuA Nfu1 NFU1

Mrp Ind1 IND1

3.1. Step 1: Iron Insertion

3.1.1. A Mononuclear Ferrous Iron-Binding Site in IscU/ISCU

IscU/ISCU is a small highly conserved protein of 15 kDa that was identified as the scaffold protein
based on its ability to bind a labile [2Fe2S] cluster in vivo when co-expressed with all the other ISC
components and in vitro in Fe–S cluster reconstitution assays with IscS/NFS1 [61–63]. Spectroscopic and
structural studies of bacterial, archaeal and eukaryotic IscU/ISCU proteins have provided evidence
that the [2Fe2S] cluster is ligated in an asymmetric arrangement by well-conserved amino acids:
three cysteines and a non-cysteinyl ligand most likely an aspartate [23,61,62,64–66]. This assembly site
was thus proposed to be the entry point for iron.

However, metal titrations and tri-dimensional structures revealed that IscU/ISCU proteins purified
from bacterial cells do not contain iron in the assembly site but a zinc ion instead [23,67–72]. The zinc
ion was found coordinated in an overall tetrahedral geometry by the well-conserved amino acids
of the assembly site in Haemophilus influenza [71] and Mus musculus (PDB code 1WFZ) IscU and the
identity of the ligands was also assessed in E. coli, mouse and human IscU/ISCU using site directed
mutagenesis experiments (Figure 2A) [23,68,69] Here and thereafter, to ease comparison, the mouse
sequence is used for amino acid numbering in IscU/ISCU proteins. In these proteins, the Zn2+ ion is
coordinated by the two cysteines Cys35 and Cys61 that are also ligands of the [2Fe2S] cluster, and the
histidine His103, but the fourth ligand seems exchangeable. While the aspartate Asp37 is the fourth
ligand in the vast majority of cases, it is exchanged by the cysteine Cys104 in the crystal structure of
IscU from H. influenza [71]. This suggests structural plasticity of the metal-binding site. Analysis by
quantum and molecular mechanics indeed indicate that small rearrangements, such as protonation
of the ligands, could induce a ligand swapping at the zinc site [69]. This structural plasticity would
facilitate the accommodation of several metal and sulfide ions.
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Figure 2. Structural rearrangement at the zinc site of ISCU upon binding of NFS1 and FXN. Zoom on the
zinc site of (A) mouse ISCU (nuclear magnetic resonance (NMR) structure, PDB code 1WFZ) and in the
human NFS1–ISD11–ACP–ISCU complex (B) without FXN (X-ray structure PDB code 5WLW) [67] and
(C) with FXN (CryoEM structure PDB code 6NZU) [73]. ISCU and some of its key amino acids (Cys35,
Asp37, Cys61 and His 103) are colored in pink, NFS1 is in yellow with its catalytic cysteine (Cys381)
in green and FXN with its key amino acids (Asn151, Trp155 and Arg165) are in black. The dashed
black line represents π staking between Trp155 and His103. The zinc ion is initially coordinated by
Cys35, Asp37, Cys61 and His103 in ISCU. Upon binding to NFS1, the catalytic cysteine of NFS1, Cys381,
binds to the zinc ion via exchange with Cys35. FXN binds to the NFS1–ISD11–ACP–ISCU complex and
pushes aside His103 and Cys35 of ISCU via interactions with Trp155 and Asn151, respectively, thereby
uncovering Cys104.

The plasticity of the IscU/ISCU protein also prevails at the level of its ternary structure and
is directly connected to the metal-binding site. NMR studies revealed that IscU/ISCU exists in
two inter-converting forms, a structured one and a de-structured one [69–71,74–76]. Interestingly,
the coordination of the metal ion stabilizes the structured form. The ligands of the zinc ion belong
to different parts of the protein: the cysteine Cys35 and the aspartate Asp37 are carried by a linker
between two β-sheets, the cysteine Cys61 is at the tip of an α-helix and the histidine His103 along
with the cysteine Cys104 are at the tip of another α-helix. Therefore, the coordination of the zinc ion
connects distinct parts of the protein which stabilizes the ternary structure of the protein.

The first evidence suggesting that iron binds in the assembly site came from an NMR study on
the E. coli IscU protein, which reported that incubation of apo-IscU with iron stabilizes the ordered
form, as observed with zinc [77]. Our lab recently conducted an extensive study on mouse ISCU using
several spectroscopic methods [23]. We found that the zinc ion hinders iron binding in the assembly
site, but upon removal of the zinc ion, the monomeric form of ISCU binds Fe2+ in the assembly
site. Site-directed mutagenesis identified Cys35, Asp37, Cys61 and His103 as the ligands of the iron
center [23]. The Fe2+ ion thus adopts a similar arrangement as the Zn2+ ion in the assembly site of ISCU,
which suggests interchangeable roles. Titration by circular dichroism (CD) indicated that ISCU binds a
single Fe2+ ion and Mössbauer spectroscopies showed that it is a high spin Fe(II) center and confirmed
the presence of several cysteines in the coordination sphere of the metal. Fe–S cluster assembly assays
using the complete mouse ISC machinery with the NFS1–ISD11–ACP complex, FDX2 and FDXR show
that iron-loaded ISCU (Fe–ISCU) is competent for Fe–S cluster assembly, while the zinc-loaded form
(Zn–ISCU) is not, which indicates that binding of iron in the assembly site is the initial step in Fe–S
cluster biosynthesis [23] Binding of iron in the assembly site was later on reported with E. coli IscU
upon removal of the zinc ion, which suggests that the first step in the mechanism of Fe–S cluster
synthesis is conserved [78].

Surprisingly, the investigations of iron-binding sites in IscU/ISCU proteins from E. coli, human,
drosophila and yeast by X-ray absorption spectroscopy (XAS) led to the conclusion that iron does
not initially bind in the assembly site but in a 6-coordinated site comprising only nitrogen and
oxygen [79–81]. A similar species was detected by Mössbauer spectroscopy when mouse apo-ISCU
was incubated with one equivalent of iron, but this species represents a minor fraction of iron (15%) [23].
Experiments conducted with sub-stoichiometric amounts of iron showed that only the assembly site is
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filled, thus that iron has a poor affinity for the putative secondary site. Moreover, reconstitution assays
with ISCU containing iron exclusively in the assembly site showed that it is still fully competent for
Fe–S cluster assembly, which rules out the idea that the minor fraction is important for Fe–S clusters
synthesis, thus that there is a defined secondary site in ISCU [23]. This species most likely represents
iron bound non-specifically to the protein. It must be noted that mouse ISCU is a difficult protein to
handle as the disordered form that accumulates in the absence of metal forms higher order oligomers
that do not bind iron. Thereby, the discrepancy with the XAS data may relate to protein preparations
and buffer conditions if the other IscU/ISCU proteins behave similarly to mouse ISCU.

3.1.2. Iron Donor to IscU/ISCU

The fact that IscU/ISCU contains a zinc ion that hinders iron binding raises the question of the
physiological mechanism of iron insertion. In vivo, the presence of the zinc might prevent accumulation
of the disordered form. However, since zinc has a higher affinity than iron for IscU/ISCU [23,69], a still
ill-defined metallochaperone might be required to exchange the metals. These data also raise the
question of the physiological iron donor to IscU/ISCU.

Frataxin

The frataxin protein was initially proposed to function as an iron storage/donor for IscU/ISCU [82–87].
Although the iron-storage/chaperone function has been questioned by several studies [58], and the most
recent data indicate that frataxin is an accelerator of persulfide transfer (see Section 3.5) [23,88,89], the iron
chaperone hypothesis is still favored by a number of groups [90–96].

Eukaryotic cells that are defective or deleted for the gene encoding the frataxin protein display
growth phenotypes associated with a deficit in Fe–S cluster biogenesis [97–101]. Indeed, the bacterial and
eukaryotic frataxins interact with the core IscS–IscU and NFS1–ISCU complexes of the ISC machinery,
indicating a direct role in Fe–S cluster biogenesis [86,102–105]. In humans, inherited mutations in the
non-coding sequence of the frataxin locus lead to Friedreich’s ataxia (FA), a neurodegenerative and
cardiac disease [106]. This discovery has strongly fostered the research in the past years to elucidate
the function of frataxin.

Based on the observations that (i) frataxin deficient cells accumulate iron in mitochondria and that
(ii) bacterial CyaY and yeast Yfh1 frataxins bind ferric iron, which triggers auto-assembly into multimers,
the hypothesis that frataxin functions as an iron storage has emerged [58,82,83,85,97,99,107,108].
However, the iron-storage function was challenged by several other studies. First, human frataxin (FXN)
self-assembles into oligomers only under extreme conditions and in an iron-independent manner [109].
In yeast and mouse fibroblast, the self-assembly of frataxin is dispensable for its physiological
function [110,111]. In yeast, overexpression of Yfh1 is unable to mitigate iron accumulation and binding
of iron to Yfh1 could not be confirmed by immunoprecipitation [112,113]. In bacteria, the function
of CyaY appears restricted to iron-rich conditions. Although this may be consistent with a role in
iron storage, in yeast, there is no obvious effect of iron on the phenotype of cells lacking Yfh1 [59,97].
In mammals, a cardiac mouse model of FA showed that the accumulation of iron is not a primary
defect but rather a consequence of the Fe–S cluster deficit [100]. Finally, the accumulation of iron is
not a specific feature of frataxin deficiency since any defect in one of the core components of the ISC
machinery also leads to dysregulated iron metabolism [114]. Altogether, these data have disqualified
the iron-storage function for frataxin.

The frataxin protein was also proposed to function as an iron chaperone for IscU/ISCU,
since monomeric frataxin from various organisms bind iron in vitro and several reconstitutions
suggested that frataxin brings iron to the ISC machinery [86,87,92]. However, the number of
iron-binding sites in frataxin varied from one study to another (from one to seven iron-binding
sites), with both Fe2+ and Fe3+ binding with similar affinities, which rather suggest non-specific
iron binding [82,87,108,115–118]. Indeed, FXN lacks a defined metal-binding site associated with
well-conserved ligands such as cysteine, histidine and aspartate, but contains an acidic region that

9



Inorganics 2020, 8, 55

binds several metals non-specifically via electrostatic interactions. This may provide a mean for frataxin
to bring several labile iron ions nearby the assembly site of IscU/ISCU, but with low specificity, which is
difficult to rationalize with a specific role in iron donation. Moreover, data from our group indicated
that mammalian FXN is not required for iron insertion in ISCU [23]. Altogether, these data argue
against a role of frataxin in iron donation; instead, a function as an accelerator of persulfide transfer is
now proposed (see Section 3.5).

ISCA

A-type proteins (IscA, NifIscA and SufA) from various organisms were shown to bind ferric iron
with high affinity and to provide iron to IscU/ISCU in Fe–S cluster reconstitution assays through a
cysteine mediated process [119–125]. The Fe(III) center of bacterial IscA can be reduced by l-cysteine
and released as free or cysteine bound Fe2+ ions, which provide a source of iron for IscU [119,125].
However, several in vivo studies argue against a role of the IscA/ISCA proteins in iron donation.
First, deletion of the genes encoding the Isa1 and Isa2 proteins in yeast led to a slight increase in the
iron content of Isu1, instead of lowering it as expected for an iron chaperone [32]. Several groups
found that A-type proteins do not co-purify with iron alone but with a Fe–S cluster [126–129]. Indeed,
in vivo and in vitro data rather point to a role of the A-type proteins as scaffolds for the synthesis of
[4Fe4S] clusters or in the transfer of [2Fe2S] and [4Fe4S] clusters [29,32,126,127,129,130]. Moreover,
while no interaction with IscU/ISCU has been reported so far, the IscA/ISCA proteins interact with the
late-acting components of the Fe–S cluster biogenesis pathway, which strengthen the idea that they are
not involved at the early steps, i.e. iron insertion [29,131–133].

Connection with the Labile Iron Pool

If not frataxin or IscA/ISCA, then how does IscU/ISCU acquire iron? Only few iron
metallochaperones have been identified in eukaryotes and prokaryotes [134–137]. Ferrochelatase is
possibly the only attested iron chaperone in mitochondria [134]. Indeed, a general view of iron
speciation in proteins is that non-heme iron proteins acquire their metal from a labile iron pool [135–137].
Due to the low structural diversity of metal-binding sites in proteins to discriminate one metal from
another, insertion of the proper metal is controlled by its bioavailability and its intrinsic affinity,
which follows the Irving–Williams series [135–137]. Thereby, metals with intrinsic high affinity are
kept at very low concentration while weaker binders are present in the form of labile pools. Iron is
among the weaker binders and the existence of labile iron pools is now corroborated by several
studies. Recent investigations of cellular iron contents by Mössbauer spectroscopy suggest that
it is composed of non-heme high-spin Fe(II) complex with primarily O and N donor ligands in
concentrations estimated in the range of 1 to 10 μM, which is very close to the affinity of iron for
most proteins [135–142]. Low-molecular-weight iron complexes with a mass-range of 500 to 1300 Da
have been isolated from bacteria and mitochondria that may be central components of this labile iron
pool [139–142]. Iron delivery to protein from these labile iron pools may involve small molecules,
such as glutathione (GSH), instead of metallochaperones [137,143]. Finally, even though a chaperone is
possibly dispensable for iron insertion, the most important step could be the release of the zinc ion
from IscU/ISCU, which would require a chelatase.

3.2. Step 2: Sulfur Insertion

3.2.1. Two Different Classes of Cysteine Desulfurase

The second key step of Fe–S cluster synthesis is the insertion of sulfur. The cysteine desulfurases IscS
and NFS1 are the source of sulfur for Fe–S cluster assembly in the ISC machinery. Cysteine desulfurases
provide sulfur in the form of a persulfide bound to their catalytic cysteine (Cys-SSH) [39]. This persulfide
is produced by desulfurization of l-cysteine catalyzed by their cofactor, a pyridoxal phosphate (PLP),
which leads to formation of a persulfide on their catalytic cysteine. PLP-dependent enzymes form
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a huge family that perform various types of elimination and substitution reactions on amino acids
and their derivatives. Several structures of cysteine desulfurase have been solved and all revealed an
arrangement as homodimers, in which the PLP-binding pocket of one subunit is completed by the
second one (Figure 3A,B) [39,67,144–150]. Cysteine desulfurases also display key differences allowing
their categorization in two classes owing to the length of the mobile loop carrying their catalytic
cysteine [39]. This loop is much longer in class I than in class II enzymes, which facilitates long-range
sulfur delivery to acceptors for class I enzymes. IscS and NFS1 as well as NifS belong to class I,
while SufS, the cysteine desulfurase of the SUF machinery, belongs to class II.

Figure 3. Structures of the human NFS1–ISD11–ACP–ISCU and E. coli IscS–IscU complexes. X-ray
structures of (A) human NFS1–ISD11–ACP–ISCU complex in the closed conformation (PDB code
5WLW) [67], (B) E. coli IscS–IscU complex (PDB code 3LVL) [150], (C) human NFS1–ISD11–ACP
complex in the open conformation (PDB code 5USR) [151] and (D) human NFS1–ISD11–ACP complex
in the open conformation (PDB code 5USR) with the human ISCU proteins modeled according to the
structure of the NFS1–ISD11–ACP–ISCU complex (PDB code 5WLW). The labels for the ACP protein
have been omitted for clarity in D. IscS/NFS1 are colored in orange, IscU/ISCU in pink, ISD11 in blue
and ACP in green. The pyridoxal phosphate (PLP)-binding sites, the phosphopantetheine with its fatty
acyl chain (PPA) and the Fe–S cluster assembly sites of IscU/ISCU are indicated by arrows.

Moreover, in eukaryotes, NFS1 forms a tight complex with the ISD11–ACP complex that regulates
the activity of the ISC system in response to the level of acetyl-coA [60,67,151]. The crystal structure
of the human NFS1–ISD11–ACP complex shows that binding of ISD11–ACP to NFS1 is mediated by
ISD11 and that ACP is anchored to ISD11 via its fatty acid chain (Figure 3A) [67]. The ISD11–ACP
complex stabilizes NFS1 since in its absence, NFS1 is poorly soluble [152,153]. The crystal structure of
the complex indeed shows that ISD11 binds to a hydrophobic patch composed of Leu78 and Ile82 at
the surface of NFS1, which most likely helps maintain NFS1 in a soluble form [67].

Strikingly, another crystal structure of the human NFS1–ISD11–ACP complex was solved which
displays a completely different arrangement of the NFS1 and ISD11 proteins relative to each other
while keeping the overall structure of the ISD11–ACP complex (Figure 3C) [67,151]. In this structure,
the dimer interface is created by contacts between the hydrophobic patch of each NFS1 and via ISD11
that connects the two subunits of NFS1. The PLP-binding pocket is incomplete and thus the protein is
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most likely catalytically inactive. This conformation is designated as open conformation [151] and the
conformation in which the PLP-binding pocket is complete, is called the closed conformation [67]. It is
still unclear whether the open conformation has a physiological relevance.

3.2.2. Mechanism Generating Persulfide in Class I Cysteine Desulfurase

While the mechanism of sulfur delivery clearly differentiates class I and II cysteine desulfurase,
the mechanism of desulfurization is similar for both enzymes [39]. This mechanism relies on catalysis
by the PLP cofactor which operates as an electron withdrawal group facilitating the elimination of
sulfur on l-cysteine (Figure 4). The PLP cofactor is anchored to the enzyme via the side chain of a
lysine through formation of an imine link, also called internal aldimine. The amino group of the
l-cysteine substrate binds to the PLP by exchange with the amine of the lysine to form an external
aldimine. This intermediate is converted into a ketimine in which a double bond is created between the
enantiomeric α carbon of l-cysteine and its amino group. Then, the sulfur of l-cysteine is eliminated
and “transferred” to the catalytic cysteine of the cysteine desulfurase, which leads to formation of
a persulfide (-SSH) and creation of a double bond between the α and β carbon of the l-cysteine.
Upon hydrolysis, alanine is released and a new cycle is initiated. Formally, a sulfanium cation (HS+)
is abstracted by the thiolate group of the catalytic cysteine. This formal description suggests that
the reaction is an oxido-reduction process. The redox state of the terminal sulfur (also called sulfane
sulfur) is commonly assumed to be “0” while the sulfur of the cysteine to which it is bound would
stay at the -II redox state. However, this description is not correct since two identical atoms that are
covalently attachedhave their redox state mutually affected and equals, as found in disulfides (RSSR’)
and hydroperoxides (ROOH) in which the sulfur and oxygen atoms are at the same -I redox state.
Thereby, the formal redox states of the sulfurs in a persulfide are better described as -I for both of
them, which indicates that the sulfur of l-cysteine is oxidized during the reaction and consequently the
carbon carrying the sulfur of l-cysteine is reduced from -I to -III in l-alanine (Figure 4, red labels).

 
Figure 4. Mechanism of persulfide formation by cysteine desulfurases. The scheme presents the main
intermediates in the catalytic cycle of cysteine desulfurases. The PLP cofactor is bound to the cysteine
desulfurase backbone via the nitrogen of a lysine residue, in the form of a Lys-aldimine. The l-cysteine
substrate exchanges with the lysine to form a Cys-aldimine (1), which is rearranged into a Cys-ketimine
(2). A base (:B−) deprotonates the thiol of the catalytic cysteine of the cysteine desulfurase and the
resulting thiolate reacts with the thiol of the Cys-ketimine intermediate, which leads to formation of a
persulfide on the catalytic cysteine (3). Concommitantly, adouble bond is created with the carbon of the
former l-cysteine substrate in the form of an Ala-enamine (3). Upon protonation, the Ala-enamine is
converted into Ala-ketimine (4) and then Ala-aldimine (5). The sulfane sulfur (blue) of the persulfide is
transferred to a thiol acceptor and l-alanine is released by exchange with the internal lysine residue (6).

12



Inorganics 2020, 8, 55

The formal oxidation states of the relevant atoms of the reaction (sulfur and adjacent carbons) are
indicated in red for the starting and final material. The reaction starts with two sulfurs at the -II
oxidation state in l-cysteine and the catalytic cysteine with a carbon at -I in l-cysteine to end up with two
sulfurs at the -I oxidation state in the persulfidated catalytic cysteine and a carbon at -III in l-alanine.

3.2.3. Sulfur Transfer to the IscU/ISCU Scaffold, a Metal-Driven Process

The first studies on the process of sulfur supply to IscU/ISCU were reported almost 20 years
ago, with A. Vinelandii and E. coli IscS and IscU [154–156]. These studies showed that IscS transfers
several persulfides to IscU. A sulfur-first model was then proposed, in which the persulfides are
transferred and later on reduced upon binding of Fe2+ ions. Surprisingly, several persulfides (2 to 4)
accumulated on IscU, which was difficult to rationalize with the requirement of only two sulfurs for
the formation of a [2Fe2S] cluster [154,156]. Another study with T. maritima IscU mentioned that the
persulfides transferred to IscU were not reducible by iron, unless iron was already bound to IscU prior
to persulfide transfer [157]. Although the experimental data were not shown, an iron-first model was
proposed, in which the iron binds first then a persulfide is transferred and reduced by iron. Thereby,
controversies on the number of persulfide transferred to IscU/ISCU and the sequence of iron and sulfur
insertions have emerged with two opposite models: sulfur-first and iron-first. It is now becoming clear
that iron comes first and triggers the transfer of a persulfide (Figure 5) [23,89].

 
Figure 5. Metal-dependent persulfide transfer in the NFS1–ISCU complex. The sequence corresponding
to the sulfur-first and iron-first models are depicted in the top two panels. First, a persulfide is formed
on the catalytic cysteine of NFS1 (Cys381). Then, in the absence of a metal in ISCU (apo-ISCU),
the persulfide of NFS1 is not transferred to ISCU (as shown by the red cross), which invalidates the
sulfur-first model. In the presence of iron (red sphere, Fe–ISCU), the persulfide of NFS1 is transferred
to the cysteine Cys104 of ISCU, which highlights the iron-first model. The third panel shows that,
when zinc (dark gray sphere, Zn–ISCU) is present in the assembly site, instead of iron, it also triggers
persulfide transfer. The blue arrows refer to movement of sulfur in trans-persulfuration reactions.

Persulfide transfer was also reported with the mouse and human NFS1–ISD11–ACP–ISCU
complex [88,158]. Our analysis using mass spectrometry and an alkylation assay developed to directly
visualize and quantify protein-bound persulfides, has established that a single persulfide is transferred
to mouse ISCU [88]. The cysteine Cys104 was identified by mass spectrometry as the final persulfide
receptor [88]. Furthermore, the transfer of persulfide to ISCU was correlated with Fe–S cluster assembly
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thus indicating that it is a relevant step in this process (see next section) [23]. The accumulation of
more than one persulfide was also observed with the mouse system but at longer time course and
was not correlated with Fe–S cluster assembly, which may explain the transfer of multiple persulfides
previously observed with A. Vinelandii and E. coli IscU proteins [23,88].

Interestingly, with the mouse system it was shown that in the absence of iron, the transfer of
persulfide is abolished, which points to a metal-dependent process [23]. A similar iron-dependent
persulfide transfer process was recently reported with the E. coli system [78]. Thus, the presence of iron
is required to allow the transfer of persulfide, which experimentally confirms the iron-first model that
was earlier proposed and discards the sulfur-first hypothesis (Figure 5). Surprisingly, persulfide transfer
to ISCU is also enabled when zinc is in the assembly site, which is probably related to the identical
coordination mode of iron and zinc in ISCU (Figure 5). This may indicate a physiological role for zinc
as proposed for the zinc ion of SufU, a closely related homolog of IscU/ISCU (see Section 5.3.3) [159].
Moreover, the iron-like effect of zinc may explain the initial controversy in the models of iron and
sulfur insertion sequences. Since zinc was likely present in the preparations of IscU, although its
presence was not assessed [154–156], it has probably allowed persulfide transfer in the absence of iron
and misled the authors to the conclusion that sulfur comes first.

Trans-persulfuration reactions are common to several sulfur insertion processes but none of them
have been described as iron-dependent [39,40]. Indeed, this feature is likely specific to Fe–S cluster
assembly systems as it coordinates sulfur supply with the presence of iron in ISCU. This raises the
question of the mechanism of this new type of reaction. Since both, iron and zinc, enable persulfide
transfer, the examination of the structures of the NFS1–ISCU complexes solved with zinc may help
elucidate this mechanism. The X-ray structure of the human NFS1–ISD11–ACP–ISCU complex shows
that the catalytic cysteine of NFS1 binds to the zinc center through exchange with Cys35 of ISCU
(Figure 2B) [67]. Thus, the metal ion may play a structural role by positioning the catalytic cysteine of
NFS1 at a short distance of the receptor cysteine (Cys104) of ISCU and additionally may play the role
of a Lewis acid catalyst by providing an electrophilic character to the sulfane sulfur of the persulfide to
promote the nucleophilic attack by the receptor cysteine on the persulfide. However, Cys104 is shielded
by the metal ion and its surrounding ligands (Asp37, Cys61 and His103), which seems to preclude
a direct transfer of persulfide to this residue. Persulfide transfer could thus be indirect via Cys35 or
Cys61 as relays. However, a mutation of the cysteine Cys104 to serine does not lead to accumulation of
a persulfide on Cys35 or Cys61 as expected if they were functioning as relays, which tends to invalidate
this hypothesis [23,88]. Therefore, in keeping with the structural plasticity of ISCU discussed in the
previous section, a structural rearrangement uncovering Cys104 to facilitate persulfide transfer seems
more likely.

In conclusion, the detailed study of the persulfide transfer process provides the first compelling
evidence of an iron-first mechanism in which persulfide transfer is triggered by the presence of
iron in IscU/ISCU [23,78]. This represents the first encounter of sulfur with iron in the Fe–S cluster
assembly process.

3.3. Step 3: Persulfide Reduction

3.3.1. Reduction by Iron

To generate the sulfide ions that are the constituents of Fe–S clusters, the persulfide must be
reduced into sulfide. As discussed in the previous section, Fe2+ ions were initially proposed to be the
reductant of the persulfide thereby yielding Fe3+ and sulfide ions, to generate an oxidized [2Fe2S]2+

cluster [154,155,157]. However, no reduction was observed with the mouse system after transfer of
persulfide to ferrous iron-loaded ISCU [23]. Furthermore, the reduction of a persulfide by Fe2+ is
chemically irrelevant since this reaction requires two electrons and Fe2+ provides only one electron by
switching to the Fe3+ state.
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3.3.2. Reduction by Thiols

Thiols, essentially dithiothreitol (DTT), but also GSH and cysteine were extensively used as
reductants in Fe–S cluster reconstitution studies [61,78,158,160–164]. However, their mode of action
was not thoroughly investigated until recently. Using the mouse ISC system, our group reported that
thiols are able to release sulfide by direct reduction of the persulfide of NFS1, but are poorly efficient
to reduce the persulfide transferred to ISCU, probably due to the presence of the metal that shields
the receptor cysteine Cys104 [88]. The reduction of the persulfide of NFS1 by thiols occurs in reaction
performed with excess of l-cysteine relative to the NFS1–ISCU complex (Figure 6A). Under these
conditions, a persulfide is formed on NFS1 that is transferred to ISCU, then a new persulfide is
formed on NFS1 that cannot be transferred to ISCU since it is already persulfidated, which leads to a
complex persulfidated on both, NFS1 and ISCU. Since thiols react faster with NFS1 than with ISCU,
this leads to preferential reduction of the persulfide sitting on NFS1. Thereby, the prominent source
of sulfide ions in thiol-based reconstitution is NFS1 not ISCU. This reduction proceeds in two steps:
(1) trans-persulfuration of the thiol leading to a persulfidated thiol (RSSH) and (2) cleavage of the S–S
bond of the persulfidated thiol by another thiol molecule (Figure 6A). The sulfide ion then combined
with iron to form a Fe–S cluster. The thiol-based reactions indiscriminately lead to formation of both
[2Fe2S] and [4Fe4S] clusters with variable proportions [61,162,164–167]. DTT further enhances the
proportion of [4Fe4S] cluster versus [2Fe2S] and also generates high-molecular-weight (HMW) Fe–S
minerals [167]. This was attributed to the ability of DTT to stimulate the rate of sulfide release more
strongly than l-cysteine, thereby creating a bulk of sulfide that reacts with [2Fe2S] clusters to generate
[4Fe4S] clusters and eventually forms HMW Fe–S minerals. Surprisingly, the thiol-based reconstitution
is also operative when zinc is present in the assembly site of ISCU, but is much slower probably due to
hindrance of Fe–S cluster formation by the zinc ion [23].

Such thiol-based Fe–S cluster assembly reactions rely on “free” sulfide ions and their production
is not coupled with the presence of iron. This type of reaction is probably inefficient in vivo for Fe–S
cluster assembly as the sulfide ions will diffuse outside of the ISC complex and the probability of
iron and sulfur encounter will be very low. Therefore, thiol-based reactions are not considered as
physiologically relevant for Fe–S cluster assembly.

3.3.3. Ferredoxin and Iron Mediated Reduction of Persulfides

The [2Fe2S] ferredoxin Fdx/FDX2 was also proposed to function as a reductant of persulfides.
The deletion of the gene encoding Fdx in E. coli and the depletion of Yah1 in the yeast
Saccharomyces cerevisiae, both led to impaired Fe–S cluster biosynthesis [168–171]. Moreover, yah1 is an
essential gene in yeast, which points to a critical role of ferredoxins [169]. In human, two ferredoxins
are present in mitochondria, the adrenodoxin (FDX1), and a closely related homolog named FDX2
(or FDX1-like) [172]. FDX1 is mainly expressed in adrenal glands where it is involved in steroid
biosynthesis, while FDX2 is ubiquitously expressed and is essential for Fe–S cluster biogenesis in
mitochondria [172]. Another study reported that both FDX1 and FDX2 function in Fe–S cluster
biosynthesis [173]. However, the tissue specificity of FDX1 to adrenal glands most likely dictates its
role. Cognate reductase partners were identified in E. coli (the ferredoxin–NADP reductase Fenr),
human (FdxR) and yeast (adrenodoxin reductase Arh1) that provides electrons from NAD(P)H to
Fdx/FDX2 (Table 1) [169,173–175].

Fe–S cluster reconstitution assays showed that E. coli, yeast and mouse ferredoxin/ferredoxin
reductase systems are able to replace DTT [23,24,176]. NMR studies with mouse and bacterial proteins
reported that Fdx binds IscS [177–179]. It was thus proposed that Fdx reduces the persulfide of
IscS into sulfide. However, this mechanism is reminiscent of the thiol-based reconstitution in which
sulfide is released irrespective of the presence of iron. Moreover, IscU was reported to displace Fdx,
thereby preventing synchronization of sulfide production with the presence of IscU to uptake these
sulfide ions [178]. In contrast, NMR and SAXS studies of the eukaryotic Chaetomium thermophilum
ISC complex showed that FDX interacts with both NFS1 and ISCU [24,67]. The first experiments
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directly testing the effect of ferredoxin on the persulfide of NFS1 and ISCU were carried out with the
mouse system by tracking the persulfide during the reaction, using mass spectrometry and alkylation
assays [23]. The step-by-step analysis revealed that FDX2 selectively reduces the persulfide transferred
to Fe–ISCU but does not reduce the persulfide of NFS1 (Figure 6B). Importantly, this reduction step
leads to formation of a [2Fe2S] cluster in ISCU, thus indicating that it is a critical step of the assembly
process. Titrations have further indicated that this reaction is highly efficient with about 90% of
l-cysteine converted into a [2Fe2S] cluster whereas thiol-based reactions are poorly efficient with only
5% of l-cysteine actually incorporated as sulfide ions in the Fe–S cluster. Moreover, the FDX2-based
reaction is about 100 times faster than the thiol-based one.

 

Figure 6. Selective reduction of the persulfide of NFS1 and ISCU by thiols and FDX2. (A) Thiols
(RSH) such as dithiothreitol (DTT), l-cysteine, β-mercaptoethanol and GSH react with the persulfide
of NFS1. Once a persulfide is formed it is transferred to ISCU, then a second persulfide is formed
on NFS1. Thiols reduce the persulfide of NFS1 (reaction 1), which generates free persulfidated thiol
(RSSH) that reacts with a second molecule of thiol to liberate sulfide ions in solution. Sulfide exists as
H2S, HS− and S2− depending on the pH, with HS− the predominant form at physiological pH (pH ≈ 8
in mitochondria). The sulfide ions react with iron to generate [2Fe2S] and [4Fe4S] clusters in ISCU.
In contrast, the persulfide of ISCU is poorly reactive with thiols (reaction 2, the red cross indicates
that the reaction does not occur), most likely due to the presence of the metal ion that shields Cys104.
Thereby, sulfide ions originate mainly from reduction of NFS1. The dashed black arrows describe the
reaction of the thiols on the persulfide of either NFS1 or ISCU (B) FDX2 does not reduce the persulfide
of NFS1 (top, the red cross indicates that the reaction does not occur), but selectively reduces the
persulfide of ISCU when iron is present in the assembly site (bottom). A mechanism is proposed in
which FDX2 provides one electron and the ferrous iron of ISCU the second one to reduce the S–S bond
of the persulfide. The dashed black arrows show the origins of these two electrons.
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Interestingly, the reduction of the persulfide of ISCU by FDX2 is abolished in the absence of metal
and when zinc is present instead of iron in ISCU, which points to a specific role of iron in the reduction
process. A mechanistic rationale could be that the iron ion participates as a redox partner. The iron ion
is initially ferrous and ends-up as ferric in the [2Fe2S]2+ cluster, thereby it might provide one of the
two electrons needed to reduce the persulfide, the other one would be delivered by FDX2 (Figure 6B).
Altogether, these data support the hypothesis that the reduction of the persulfide of ISCU is specifically
coordinated with the presence of iron, which would ensure that the nascent sulfide is instantly trapped
by the iron ion. In the SAXS-based model of the C. thermophilum ISC complex, the [2Fe2S] cluster
of FDX is located nearby the assembly site of ISCU, thus in a suitable position to transfer electrons
to the metal center for persulfide reduction [67]. Finally, the titrations of the number of persulfide
reduced by FDX2 indicated that only one sulfide is produced per iron-loaded monomer of ISCU [23].
Hence, the most reasonable hypothesis is that the product of the reaction is a mononuclear iron–sulfide
([1Fe1S]) species. A number of non-heme mononuclear iron–sulfide inorganic complexes have been
reported, thus providing credence to the formation of the same type of species in IscU/ISCU; however,
a clear demonstration is still awaited [180–184].

In conclusion, the FDX2-driven reduction of the persulfide on iron-loaded ISCU appears as a
concerted process that coordinates sulfide production with presence of iron, which concomitantly
prevents escape of the sulfide ions. For these reasons, it has been proposed that the FDX2-based
mechanism describes the physiological process of Fe–S cluster assembly [23]. This represents the
second encounter of iron and sulfur in the Fe–S cluster assembly process. It is likely that a similar
concerted mechanism occurs in the bacterial system, but it has not been demonstrated as of yet. Finally,
these data highlight that thiols cannot be considered as surrogates of FDX2 in Fe–S cluster reconstitution
assays, as they reduce the persulfide of NFS1, whereas FDX2 reduces the persulfide of ISCU; thus,
the mechanisms of sulfide production are completely different. Furthermore, persulfide reduction by
thiols is not coupled with the presence of iron.

3.4. Step 4: Fe–S Cluster Formation

The last step, after reduction of the persulfide, is the formation of the [2Fe2S] cluster. This requires
formation of a dinuclear iron center with a di-μ-sulfido bridge. Since the titration of persulfides with the
mouse system point to the formation of a mononuclear [1Fe1S] iron–sulfide complex, dimerization of
IscU/ISCU is likely an obligatory step to form the dinuclear [2Fe2S] cluster (Figure 7). The dimerization
would generate a bridged [2Fe2S] cluster, as observed with glutaredoxins that are involved in Fe–S
cluster transfer [185–188]. In the reconstitutions performed with C. thermophilum Isu1, the final product
was a [2Fe2S] cluster in a dimer of Isu1. However, this stoichiometry is also consistent with an
asymmetric configuration in which only half of the subunits are occupied [24]. In contrast, a monomer
of ISCU carrying one [2Fe2S] cluster has been identified by native mass spectrometry and Mössbauer
spectroscopy as the final product in reconstitution assays performed with the mouse ISC system [23].
Therefore, if a bridged [2Fe2S] cluster is formed, it is a transient species that rapidly relocates on one of
the subunits (Figure 7) [23]. Then, the dimer dissociates to release the monomer of ISCU holding a
[2Fe2S] cluster.

An appealing hypothesis is that the dimeric structure of cysteine desulfurases assists the
dimerization of IscU/ISCU within the complex. In the closed conformation of the human
NFS1–ISD11–ACP–ISCU complex, the ISCU proteins are very distant (Figure 3A) [67,150], but in
its open conformation, the predicted binding sites for ISCU are adjacent and the ISCU proteins are
arranged along a C2 axis (Figure 3D) [151], thus in suitable positions for dimerization and formation of a
dinuclear center. However, further tightening of the NFS1 subunits would be required to allow contact
of the ISCU proteins, so it is not clear whether a dimer could actually form. In contrast, formation of
dimers of holo-IscU/ISCU have been reported in several thiol-based reconstitutions [62,81,189,190].
Even a trimeric state has been crystalized with Aquifex aeolicus IscU, in which only one subunit harbors
a [2Fe2S] cluster [64]. Fe–S reconstituted IscU proteins from T. maritima and A. vinelandii were shown to
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bind one [2Fe2S] cluster per dimer that could correspond to a bridged [2Fe2S] cluster [61,62]. However,
the analysis by Mössbauer, electronic absorption and Raman spectroscopies led to the conclusion that
the [2Fe2S] cluster in both species is coordinated in an asymmetric environment by the three cysteines
Cys35, Cys61, Cys104 and most likely the aspartate Asp37. Since a bridged [2Fe2S] cluster is expected
to be symmetric, this asymmetric arrangement indicates that the [2Fe2S] cluster is not bridged but
hosted in one of the two subunits of the dimer. A similar signature was observed for the [2Fe2S] cluster
in mouse ISCU, which is a key feature indicating that the [2Fe2S] is ligated by a monomer of ISCU [23].

Figure 7. Hypothetic model for the formation of the [2Fe2S] cluster by dimerization of IscU/ISCU.
The model for the formation of a [2Fe2S] cluster in Iscu/ISCU is decomposed in three steps: (1) the
dimerization of two ISCUs coordinating a mononuclear [1Fe1S] intermediate generates a bridged
[2Fe2S] cluster in a dimer of ISCU, (2) the [2Fe2S] segregates on one monomer and (3) the dimer
dissociates to yield an empty monomer and a monomer containing the [2Fe2S] cluster. In the monomer,
the [2Fe2S] cluster is coordinated by Cys35, Asp37, Cys61 and Cys104 of ISCU.

Interestingly, the kinetic analysis of the thiol-based Fe–S cluster assembly process with A. Vinelandii
IscU showed that the dimer loaded with one [2Fe2S] cluster is a precursor of the dimer loaded with
two [2Fe2S] clusters [61]. Therefore, the second [2Fe2S] cluster seems to be assembled by gathering
of two iron and two sulfide ions in the empty subunit of the dimer loaded with one [2Fe2S] cluster,
thus without requirement for a bridged [2Fe2S] cluster. A similar mechanism was recently proposed
for GSH-based Fe–S cluster assembly with E. coli IscU [78]. It thus seems that the non-physiological
DTT-based route proceeds via sequential accumulation of iron and sulfide ions on a single subunit of
dimeric IscU/ISCU while the physiological FDX2-based route involves formation of a still ill-defined
transient bridged [2Fe2S] cluster.

In conclusion, although a bridged [2Fe2S] cluster has not been isolated, the ability of IscU/ISCU to
dimerize provides credence to a mechanism based on merging of two mononuclear [1Fe1S] precursors.
The conformational flexibility of the NFS1–ISD11–ACP complex further raises the possibility that NFS1
could promote dimerization of ISCU, but it is unclear whether bacterial IscS are also capable of such a
structural change.

3.5. Regulation of Fe–S Cluster Assembly by Frataxin

3.5.1. Effect of Frataxin on Cysteine Desulfurase Activity: The Key Question of the Rate-Limiting Step

The Pastore group reported that the bacterial frataxin homolog, CyaY, modulates the activity of
IscS in the IscS–IscU complex [160]. CyaY decreases the rate of l-alanine production, the by-product of
the desulfurization process and this was correlated with a concomitant decrease in the rate of Fe–S
cluster production by the IscS–IscU complex in a DTT-based reconstitution. Moreover, the inhibitory
effect of CyaY was more pronounced in the presence of iron. Thereby, a function as a gate-keeper
preventing uncontrolled production of sulfide ions in the absence of iron, was proposed. In contrast,
in DTT-based reconstitutions with the human and mouse ISC system, the eukaryotic frataxin protein
(FXN) stimulates the cysteine desulfurase activity of NFS1 [88,164,191]. Moreover, it was shown that
the stimulatory effect of FXN is only seen in the presence of ISCU [88,164,191]. These data thus indicate
that frataxin affects the activity of cysteine desulfurases in the IscS/NFS1–IscU/ISCU complex, but in
different ways depending on the organism.
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Several groups have thus studied the cysteine desulfurase activity in more details to determine
the kinetic parameters of this reaction [88,158,162–164,191–194]. Most of these assays were conducted
in multiple turnover kinetics by monitoring the rates of sulfide or l-alanine productions in the
presence of DTT to reduce the persulfide of NFS1 (Figure 8A) [88,158,162–164,191–194]. In multiple
turnover kinetics, the rate-limiting step (i.e., the slowest step) dictates the global rate of the reaction.
As the cysteine desulfurase assay encompasses two main reactions: persulfide formation (Figure 8A,
reaction 1) and persulfide reduction (Figure 8A, reaction 2), either of these reactions could be
rate-limiting. In some studies, saturation behaviors were apparently observed upon increase of
l-cysteine, which was interpreted as formation of a complex between l-cysteine and NFS1 for persulfide
formation (Figure 8A, reaction 1) [158,162–164,191–193]. Since l-cysteine was thought to be involved
only at the first step, it was assumed that persulfide formation is the rate-limiting step. Thereby,
the effects of FXN and CyaY were interpreted as a modulation of the rate of persulfide formation.
The Michaelis–Menten formalism was applied and KM and kcat values were reported.

 

β

Figure 8. Effect of FXN on persulfide reduction and transfer. (A) The cysteine desulfurase assay
encompasses two reactions: (1) formation of the persulfide and (2) its reduction by thiols (RSH).
Reduction by thiols is the slowest step (rate-limiting step, dashed black arrows). (B) FXN accelerates
the reduction of the persulfide of NFS1 by thiols in the NFS1–ISCU complex with ISCU metallated by
iron (red ball) or zinc (gray ball). (C) FXN accelerates the transfer of the persulfide of NFS1 to ISCU in
the NFS1–ISCU complex with ISCU metallated by iron (red ball) or zinc (gray ball). The solid blue
arrow describes the transfer of persulfide. The blue arrows filled in white refer to acceleration by FXN.

However, a clear demonstration that persulfide formation is rate-limiting in those assays was not
provided. Two kinetic studies have addressed the question of the rate-limiting step, with mouse NFS1
and Synechocystis IscS [88,195]. In both cases, the rate of l-alanine production was found proportional to
the concentration of DTT and additionally to TCEP and β-mercaptoethanol in the case of Synechocystis
IscS. Since DTT, TCEP and β-mercaptoethanol are not involved in the formation of the persulfide but
in its reduction, this indicates that the reduction is the rate-limiting step. Second, it was shown that
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l-cysteine is also able to reduce the persulfide of NFS1, thus that the saturation behaviors previously
observed could also be interpreted as formation of a complex between l-cysteine and persulfidated
NFS1 at the second step (Figure 8A, reaction 2) [88].

A definitive proof that reduction is the rate-limiting step was provided by monitoring persulfide
formation and reduction independently in single turnover kinetics with the mouse NFS1–ISD11–ACP
complex, using an alkylation assay to quantify protein bound persulfides [88]. Our group showed that
persulfide formation is much faster than its reduction by DTT, hence that persulfide reduction, not its
formation, is rate-limiting. Moreover, FXN was shown to directly accelerate persulfide reduction by
DTT and to the same order of magnitude as its stimulatory effect on the global cysteine desulfurase
activity, which further strengthens that persulfide reduction is the rate-limiting step (Figure 8B).
Consequently, the ability of FXN to modulate the cysteine desulfurase activity of NFS1 indicates
that it facilitates the reduction of the persulfide of NFS1 by thiols (Figure 8A reaction 2, Figure 8B).
Even though other studies reported that FXN modulates the rate of persulfide formation, as this
reaction is not rate-limiting, this effect of FXN is not expected to impact the cysteine desulfurase activity
of NFS1 [89,194].

Moreover, no saturation behavior was observed with mouse NFS1 at low l-cysteine concentrations
that could be consistent with the KM and kcat values reported in other studies [88]. Saturation curves
were observed but at high, non-physiological, l-cysteine concentrations (above 50 mM). This was
attributed to inhibitory effects by l-cysteine and/or DTT in other systems [43,195]. Anomalous behaviors
were also reported for IscS and NifS from E. coli and A. vinelandii, which precluded determination of the
kinetic parameters using the Michaelis–Menten formalism [41,43,196,197]. Altogether, this indicates
that persulfide reduction does not proceed through formation of an enzyme-substrate complex but is a
bimolecular reaction and that determination of KM and kcat for l-cysteine is not applicable [88].

Similar extensive studies have not been carried out yet with the E. coli system. However,
the analysis of Synechocystis IscS affords evidence that persulfide reduction is also rate-limiting with a
bacterial protein, which suggests that this could be a common feature of class I cysteine desulfurases.
This would indicate that CyaY and FXN have opposite effects. However, this differential effect is rather
due to the nature of the cysteine desulfurase, since exchanging IscS for the NFS1–ISD11–ACP complex
turns CyaY into an activator [163]. Altogether, these data indicate that FXN, and probably CyaY too,
modulates the rate of persulfide reduction by DTT and other thiols. However, as discussed in the
previous sections, the thiol-based reaction is not physiologically relevant, which means that the effects
of FXN and CyaY on the reduction of the persulfide of NFS1 by thiols are unrelated to Fe–S cluster
biosynthesis in vivo.

3.5.2. Effect of Frataxin on Persulfide Transfer

Strikingly, assays of persulfide transfer and 35S labeling experiments showed that mouse and
human FXN have a strong impact on persulfide transfer to ISCU (Figure 8C) [23,88,158]. Mouse FXN
was shown to enhance the rate of this reaction with both Zn–ISCU and Fe–ISCU (Figure 8C) [23,88].
The acceleration with Fe–ISCU was directly correlated to its stimulatory effect on Fe–S cluster assembly
in FDX2-based reconstitution assays since persulfide transfer was identified as the rate-limiting step of
the whole process [23]. Therefore, the sole function of mammalian FXN that appears relevant to the
stimulation of the FDX2-based Fe–S cluster biosynthesis is the stimulation of persulfide transfer.

These data raise the question of the mechanism by which FXN stimulates persulfide transfer.
Interestingly, the acceleration of persulfide transfer by FXN is metal-dependent as is persulfide
transfer itself, with zinc and iron equally efficient [23]. This strengthens the idea that FXN
accelerates the reaction, but does not modify its overall mechanism. The structure of the pentameric
NFS1–ISD11–ACP–ISCU–FXN complex with zinc in the assembly site shows that FXN induces a
rearrangement of the coordination sphere of the zinc ion (Figure 2C) [73]. The asparagine N141 and the
Trp155–Arg165 pair of FXN tears out Cys35 and His103 from the metal ion through specific interactions.
The movements induced by FXN thus seems to open the access to Cys104 by pushing aside Cys35 and
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His103. Moreover, Cys104 comes closer to the metal ion as His103 is pulled out. Altogether, this may
facilitate direct persulfide transfer to Cys104. However, FXN also interacts with the flexible loop of
NFS1 and stabilizes the catalytic Cys381 halfway between the PLP and ISCU, which is difficult to
rationalize with the stimulation of persulfide transfer and even persulfide formation on NFS1 [73].
However, this position should correspond to an intermediate state since the flexible loop needs to
move back to the PLP pocket for persulfide loading.

Another important feature of the stimulation provided by FXN is that it does not modify the
nature of the Fe–S cluster formed, i.e., a [2Fe2S] cluster [23]. This behavior fits the notion of a kinetic
activator or an co-enzyme rather than an allosteric modulator as earlier proposed [162]. The term
“allos” indeed comes from the ancient Greek “ἄλλoς”, meaning “other”, and, thus, “allostery” applies
to regulators that do not bind to the active site of the enzyme but at another site to modulate its activity,
while FXN actually binds to the active site of the ISCU protein.

3.6. Toward a Model of [2Fe2S] Cluster Biosynthesis by the ISC Machinery

Altogether, the current data provide a more complete picture of the mechanism of Fe–S cluster
assembly by the ISC machinery. Figures 9–11 depict the models based on these data. Since most
mechanistic information originates from the eukaryotic systems, essentially the mouse and human ones,
the mammalian nomenclature is used here to describe the mechanisms. Nonetheless, several features
of the bacterial machineries suggest that the mechanism of Fe–S cluster assembly is conserved across
species. A first striking conclusion is that Fe–S clusters can be assembled via two different routes:
the FDX2-based reaction that is physiologically relevant (Figures 9 and 10) and the thiol-based one
that is also productive of Fe–S clusters, but only in vitro and is thus not considered as physiologically
relevant (Figure 11) [23]. The second breakthrough is the elucidation of the first steps of the FDX2-based
reaction leading to production of the sulfide ions and its encounter with iron. The next steps are more
elusive. The formation of a dinuclear [2Fe2S] cluster is supposed to rely on dimerization of ISCU and
two mechanisms are postulated: either ISCU dimerizes within the complex with assistance from NFS1
(Figure 9) or the NFS1–ISCU complex dissociates and ISCU auto-dimerizes (Figure 10).

The first steps of the FDX2-based reaction are common to both hypothesis (Figures 9 and 10).
The reaction is initiated by insertion of a ferrous iron in the assembly site of ISCU, which may require a
still ill-defined metallochaperone to remove the zinc ion. It is unclear whether zinc removal and iron
insertion in ISCU occur in the NFS1–ISCU complex or in free ISCU, or both. The iron site of ISCU is
mononuclear and iron is stable as a high spin Fe(II) center. Upon formation of a complex with the
cysteine desulfurase NFS1, a persulfide is transferred to the Cys104 of ISCU, in an iron dependent
manner. This iron-assisted reaction allows synchronization of sulfur supply with the presence of iron.
This mechanism is referred to the iron-first model since iron comes first then sulfur. Then, FDX2 reduces
the persulfide bound to ISCU. The reduction is also iron-dependent, which probably ensures that the
production of the sulfide ion is coordinated with the presence of iron, thereby allowing the iron center
to trap the nascent sulfide ion.

The reduction by FDX2 would lead to a mononuclear [1Fe1S] species and the dimerization of
ISCU would enable formation of a bridged dinuclear [2Fe2S] cluster, either within the NFS1–ISCU
complex (Figure 9, internal dimerization) or as a free protein upon dissociation of the NFS1–ISCU
complex (Figure 10, external dimerization). In both cases, the transient inter-subunit [2Fe2S] cluster
would quickly segregate on one monomer and the chaperone/co-chaperone system HSPA9/HSC20
would enable the transfer of the [2Fe2S] cluster to client proteins. A last important feature of the
FDX2-based process is that the rate of Fe–S cluster biosynthesis is controlled by frataxin that accelerates
persulfide transfer, the rate-limiting step of the whole process.
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Figure 9. Model of FDX2-based Fe–S cluster biosynthesis by the eukaryotic ISC machinery relying
on NFS1-assisted dimerization of ISCU. The reaction is initiated by insertion of iron in apo-ISCU,
which may require a still ill-defined metallochaperone to remove the zinc ion (1). In the complex formed
with NFS1–ISD11–ACP, a persulfide is formed on NFS1 (2) and transferred to ISCU (3). The persulfide
of ISCU is reduced by FDX2, possibly into a mononuclear iron–sulfide intermediate (4). Then NFS1 in
its open conformation enables the dimerization of ISCU, which leads to formation of a bridged [2Fe2S]
cluster in ISCU (5). The bridged [2Fe2S] cluster segregates on one subunit (6) and is transferred to
client proteins by the HSC20/HSPA9 chaperone system while a ferrous iron is inserted into apo-ISCU
(7). FXN stimulates the whole reaction by accelerating persulfide transfer to ISCU (3). The solid blue
arrow describes sulfur transfer to ISCU and the dashed blue arrow refers to the rate-limiting step that
is accelerated by FXN.
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Figure 10. Model of FDX2-based Fe–S cluster biosynthesis by the eukaryotic ISC machinery relying
on dimerization of free ISCU. Steps (1)–(4) are common to the mechanism described in Figure 9 until
formation of the putative mononuclear iron–sulfide intermediate ([Fe–S]). Then [1Fe1S]-loaded ISCU
dissociates from NFS1 either by exchange with Fe-loaded ISCU or spontaneously (5), which allows
dimerization of ISCU and formation of a bridged [2Fe2S] cluster (6). The bridged [2Fe2S] cluster
segregates on one subunit (7) and the dimer dissociates (8). The monomer of [2Fe2S]-loaded ISCU is
recognized by the HSC20/HSPA9 chaperone system which enables the transfer of the [2Fe2S] cluster to
client proteins while a ferrous iron is inserted into apo-ISCU (9). FXN stimulates the whole reaction by
accelerating persulfide transfer to ISCU (3). The solid blue arrow describes sulfur transfer to ISCU and
the dashed blue arrow refers to the rate-limiting step that is accelerated by FXN.

A distinct reaction occurs when thiols are used instead of Fdx/FDX2 as a reducing agent (Figure 11).
Thiols such as DTT, GSH and l-cysteine reduce the persulfide of IscS/NFS1, which leads to release of
sulfide ions in solution. The sulfide ions then combine with iron, either in solution or in the assembly
site, to form [2Fe2S] and [4Fe4S] clusters. This process is not considered as physiologically relevant
since production of sulfide is not confined to IscU/ISCU and is not synchronized with the presence of
iron. In a biological context, the sulfide ions will diffuse outside of the ISC complex and the likelihood
of iron and sulfur encounter will be very low.

However, the thiol-based reduction may compete with sulfur delivery to IscS/ISCU and thus could
impede Fe–S cluster assembly. Moreover, in eukaryotes, FXN accelerates this reaction. Since the rate of
the thiol-based reduction is proportional to the concentration of the thiol, the turning point at which
this reaction starts to compete with Fe–S cluster assembly relies on its concentration. The relevant
thiols that should be considered are the most abundant ones in the cells, i.e., GSH (5–10 mM) and
l-cysteine (≈0.1 mM) [198–200]. Based on the kinetic constants determined for mouse NFS1 with GSH
and l-cysteine, the thiol-based reduction would compete with transfer at concentrations of GSH and
l-cysteine of 1 M and 15 mM, respectively, thus far from their physiological concentrations [88]. It is
thus unlikely that persulfide reduction could compete with persulfide transfer in vivo.
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Figure 11. Thiol-based Fe–S cluster synthesis by the eukaryotic ISC machinery. The thiol-based reaction
is described for the zinc- and iron-loaded ISCU. In both cases, the reaction is initiated by formation of
an NFS1–ISD11–ACP–ISCU complex persulfidated on both NFS1 and ISCU, then thiols, (RSH) such
as l-cysteine, DTT, GSH or β-mercaptoethanol, reduce the persulfide of NFS1, which leads to sulfide
release. In the presence of iron, the sulfide ions generate Fe–S clusters in ISCU via a poorly defined
mechanism. The dashed blue arrows refer to the rate-limiting steps that are accelerated by FXN.

4. Fe–S Assembly by the NIF Machinery

4.1. Iron Insertion in NifU

The NIF machinery comprises two main proteins, the scaffold protein NifU and the cysteine
desulfurase NifS. NifU is a modular protein containing three distinct domains [36,41,201].
An N-terminal domain with very high homology to IscU/ISCU, a central domain harboring a permanent
[2Fe2S] cluster homolog to ferredoxin and a C-terminal domain called NfU that has been proposed to
function as a scaffold of [4Fe4S] clusters and a Fe–S cluster carrier.

The N-terminal domain contains all the well-conserved amino acids that bind the ferrous iron
in IscU/ISCU: Cys35, Asp37, Cys61 and His103. It also contains the persulfide receptor Cys104 [23].
The N-terminal domain of NifU was shown to bind a mononuclear iron ion, most likely via Cys35,
Cys61 and Cys104. However, in contrast to IscU/ISCU iron binds in the ferric state and Asp37 is
not involved in its coordination [201]. Moreover, binding of Fe3+ to NifU is only observed below
2 ◦C, which questions its role in Fe–S cluster biosynthesis. In another study, time-course analysis by
Mössbauer spectroscopy suggested that ferrous iron binds to NifU in a cysteine-rich site, which may
correspond to the assembly site of the N-terminal IscU/ISCU domain [38]. Thereby an iron-first
mechanism may also apply to NifU as reported for IscU/ISCU.

4.2. Still Elusive Steps Leading to Formation of the [2Fe2S] and [4Fe4S] Clusters

It is still unclear how NifU acquires sulfur. Although NifU and NifS form a complex, persulfide
transfer to NifU has not been reported. Yet NifS-mediated Fe–S cluster reconstitutions in NifU
were reported in DTT-based assays, which provide an idea of which domain binds Fe–S clusters.
A truncated form of NifU containing only its N-terminal domain was shown to assemble a labile
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[2Fe2S] cluster, as observed for IscU/ISCU [202]. Time-course experiments further suggested that this
[2Fe2S] is converted into a [4Fe4S] cluster by reductive coupling [38]. However, as these reactions
were performed with DTT as a reductant, it is still unclear whether assembly of [4Fe4S] clusters by the
N-terminal domain is physiologically relevant. Moreover, no reductase has been identified in the NIF
operon that could achieve the reduction of a persulfide transferred to NifU. An appealing hypothesis is
that the permanent [2Fe2S] cluster of the central domain of NifU fills up this function, as described for
FDX2. NifU may thus combine the functions of IscU/ISCU and Fdx/FDX2 within the same polypeptide
for the biosynthesis of [2Fe2S] clusters.

Fe–S cluster reconstitution assays with the full-length NifU protein afforded evidence that the
NfU domain binds [4Fe4S] clusters [38]. The formation of [4Fe4S] clusters is supposed to proceed via
reductive coupling of two [2Fe2S] clusters and ferredoxin is able to catalyze this type of reaction [203].
As no reductase has been identified in the NIF operon, the permanent [2Fe2S] cluster of NifU may
also fulfill this function. Thereby, the permanent [2Fe2S] cluster might play a bifunctional role,
in persulfide reduction and in reductive coupling of the [2Fe2S] clusters. This process would require an
external reductase to deliver electrons to the permanent [2Fe2S] cluster, but as for the ISC machinery,
this reductase may not be encoded by the NIF operon. In analogy with NfU homologs that are involved
in the assembly and/or transfer of [4Fe4S] clusters, the NfU domain of NifU might be the place for
reductive coupling of the [2Fe2S] clusters leading to formation of the [4Fe4S] cluster [6].

5. Fe–S Assembly by the SUF Machinery

5.1. Overall Description of the SUF Machinery

There are several striking differences between the ISC and SUF machineries that are likely related
to the higher resistance of the SUF machinery under stress conditions [26]. As the description of the
SUF machinery has been extensively reviewed in other reports, the reader is referred to these reviews
for more details [26,47,204]. We attempt, here, to focus on comparative elements between the ISC and
SUF machineries.

Like the ISC machinery, the genes encoding the components of the SUF machinery are organized
in operons [47]. The SUF system contains two to six genes depending on the organisms. The main
components are SufS, the cysteine desulfurase providing sulfur and a scaffolding complex formed by
the SufB, SufD and SufC proteins. Complexes containing various stoichiometries of the SufB, SufD and
SufC proteins can be isolated by mixing the purified proteins in vitro, but the physiologically active
complex is most likely a SufBC2D complex [26,205]. The crystal structure of the SufBC2D complex
shows that SufB and SufD form a heterodimer with two SufC proteins bound to each subunit [206].
The site of Fe–S cluster assembly has been localized at the interface of the SufB–SufD heterodimer with
Cys405, Glu434 or Glu432 and His433 from SufB and His360 from SufD as putative ligands of the Fe–S
cluster [26]. SufC is an ATPase that drives structural changes to the SufB–SufD complex for proper Fe–S
cluster assembly. The SUF operons also encode SufE or SufU, two sulfur relay proteins shuttling the
persulfide generated by SufS to the scaffolding complex. SufE and SufU occur in a mutually exclusive
manner in bacterial genomes and can complement each other, which indicates that they play very
similar roles [47,207–210].

The persulfide transfer processes involving SufE or SufU have been particularly well studied.
In contrast, it is still unclear how and where iron is inserted in the SufBC2D scaffold and whether
or not persulfide supply is coupled with the presence of iron as observed with the ISC machinery.
The mechanism of persulfide reduction is also still elusive.

5.2. Iron Insertion in the SufBC2D Scaffold

The few data available on the process of iron insertion in the SufBC2D complex suggest distinct
mechanisms for the ISC and SUF machineries. Strains lacking SufC are impaired in the utilization of
iron and a specific disruption of the ATPase activity of SufC lowers the iron content of the SufBC2D
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complex in vivo [211,212]. These data raise the possibility that SufC is important for iron acquisition
by the SufBC2D complex. An active process relying on the ATPase activity of SufC may provide a
rationale to the higher ability of the SUF machinery to cope with iron-poor conditions, as compared
to the ISC machinery for which a passive mode of iron insertion is postulated (see Section 3.1.2).
Moreover, the SufBC2D complex was proposed to function as a reductase of ferric iron [205,211].
The SufBC2D complex isolated from E. coli co-purifies with one molecule of reduced FADH2 per
complex. This FADH2 was shown to mobilize iron from ferric citrate and the ferric-loaded form of
CyaY. This suggests that the SUF system is able to mobilize the poorly soluble ferric iron, which could
provide a significant advantage under iron-poor conditions. However, the iron-binding site in the
SufBC2D complex has not been yet identified to test these hypotheses.

5.3. Sulfur Insertion in the SufBC2D Complex

5.3.1. SufS, the Source of Sulfur

SufS belongs to the class II of the desulfurase family that are characterized by a shorter flexible
loop carrying the catalytic cysteine [26]. The formation of the persulfide is also slower in class II than in
class I, but accelerated by binding of SufU or SufE [26,213]. The reduction of the persulfide of SufS by
thiols is apparently rate-limiting as for class I, which emphasizes that the persulfide is largely excluded
from solvent [208,213–215]. Thereby, sulfur delivery is confined to the surrounding of the PLP-binding
pocket and specific sulfur acceptors (SufE, SufU) are needed to mediate sulfur transfer to the SufBC2D
complex, most likely to ensure shielding of the persulfide.

5.3.2. Sulfur Transfer via SufE

SufE was shown to accept sulfur from SufS on its highly conserved cysteine residue, Cys51 [214,216].
The trans-persulfuration reaction relies on mutual changes in the structure of SufE and SufS [217–224].
The crystal structures of SufE show that the Cys51 is initially buried and protected from the solvent
in a hydrophobic pocket [225,226]. Although there is still no tri-dimensional structure of the
SufS–SufE complex, deuterium exchange experiments and comparison with the structure of the
closely related homolog CsdA–CsdE complex have provided information on the mechanism of
persulfide transfer [217–224]. Upon binding of CsdE to CsdA, the loop of CsdE carrying the receptor
cysteine is twisted and comes in close proximity of the catalytic cysteine of CsdA, a similar remodeling
is hypothesized for the SufS–SufE complex that would facilitate the nucleophilic attack by Cys51
of SufE. In addition, local changes in the SufS catalytic site and dimer interface may promote the
desulfurase reaction and an outward-facing position of the persulfidated Cys364. This could provide a
way to couple persulfide formation with its transfer. Upon dissociation of the SufS–SufE complex,
the persulfide transferred to SufE is protected from the solvent most likely through a backward
movement of the flexible to the hydrophobic cavity [225–227].

5.3.3. Sulfur Transfer via SufU

Due to its high homology with IscU/ISCU, SufU was initially proposed to function as a scaffold
for Fe–S cluster assembly [209,228]. However, SufU cannot complement the lack of IscU/ISCU,
which indicates that these proteins have different roles [159,207,210]. The main structural differences
between SufU and IscU/ISCU are an insertion of 18–21 residues between the second and third cysteine
residues and the lack of the well-conserved histidine H103 [23]. Since SufU accepts a persulfide from
SufS, the current view is that SufU is a sulfurtransferase, as SufE, that conveys the persulfide from SufS
to the SufBC2D complex [208,228,229].

Interestingly, SufU hosts a tightly bound zinc ion that is essential for persulfide transfer [159,230,231].
The structure of SufU proteins revealed that the zinc ion is coordinated in a tetrahedral geometry by the
three cysteines Cys41, Cys66, and Cys128 and the aspartate Asp43 (Figure 12A) [230,231]. These residues
are equivalent to Cys35, Cys61, Cys104 and the aspartate Asp37 in IscU/ISCU. Upon formation of a
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complex with SufS, SufU and SufS undergo major structural changes (Figure 12B) [232,233]. The mobile
loop of SufS carrying the catalytic cysteine Cys361 moves freely and the histidine residue His342 of SufS
becomes a ligand of the zinc ion of SufU by swapping with the cysteine C41. Consequently, Cys41 is
released and directed toward Cys361 of SufS. Soaking of the crystals of the SufS–SufU complex with
l-cysteine leads to extra electronic densities at Cys361 and Cys41 consistent with cysteine persulfides,
thus suggesting that persulfide transfer occurs between these residues [232].

 

Figure 12. Structural rearrangement at the zinc site of SufU upon binding of SufS. Zoom on the zinc site
of (A) Bacillus subtilis SufU (PDB 6JZV) and (B) Bacillus subtilis SufS–SufU complex (PDB 5XT5). SufU is
colored in pink with key amino acids coordinating the zinc ion (Cys41, Asp43, Cys66 and Cys128)
and SufS in orange with its catalytic cysteine Cys361 in green. The zinc ion is initially coordinated by
Cys41, Asp43, Cys66 and Cys128 of SufU. Upon binding to SufS, His342 of SufS exchanges with Cys41,
which comes close by Cys361, the catalytic cysteine of SufS.

This metal-dependent process is reminiscent of the persulfide transfer reaction reported for the
NFS1–ISCU complex (Figure 2), but is mechanistically different. The main difference relates to the
shorter length of the flexible loop carrying the catalytic cysteine in SufS that does not allow persulfide
transfer to the distal cysteine (Cys128) but to a proximal one (Cys41) that is released upon binding of
His342 to the zinc ion. This highlights two different ways of using a metal ion for persulfide transfer.
In IscU/ISCU, the metal center anchors the persulfide of the desulfurase in close proximity of the
receptor cysteine while in SufU, ligand exchange at the metal center expels the receptor cysteine and
drives it close to the catalytic cysteine.

5.4. Persulfide Transfer to SufBC2D and Reduction via FADH2?

SufE interacts with the SufBC2D complex and the cysteine Cys254 has been proposed as the
primary acceptor in SufB [26,51,227,234]. Then this persulfide would be conveyed to the cysteine Cys405
of SufB through a hydrophobic tunnel involving non-cysteine amino acids as sulfur relays [26,206,234].
In contrast to the ISC machinery, there is, as of yet, no indication that iron is involved or required
for persulfide transfer between SufE and SufB and within SufB. Moreover, the assembly site in the
SufBC2D complex is 20 A away from the entry point of sulfur on Cys254, it is thus still unclear how
sulfur insertion could be coupled with presence of iron in the SufBC2D complex. The sulfur transfer
process form SufU to SufBC2D has not been investigated yet, whether SufU transfers its persulfide to
Cys254 as SufE is not known.

The SUF operon does not encode any obvious reductase that could play a role in persulfide
reduction. Moreover, E. coli strains lacking Fdx that are thus defective in ISC-driven Fe–S cluster
assembly, are viable. This indicates that the SUF machinery is active under these conditions and
thus that Fdx is not the reductase of this machinery. Therefore, another reductase dedicated to the
SUF operon should exist [168,170]. As mentioned above, the SufBC2D complex isolated from E. coli
co-purifies with one molecule of reduced FADH2 per complex [205,211]. Although this cofactor is

27



Inorganics 2020, 8, 55

proposed to operate as a ferric reductase, it may also provide reducing equivalents for the reduction of
the persulfide transferred to the SufBC2D complex.

6. Concluding Remarks

The recent advances in the field of Fe–S cluster biogenesis have shed new light on the process of
their assembly. We are now close to provide a complete picture for the assembly of [2Fe2S] clusters by
the ISC machinery. Two key primary steps have been uncovered with the mouse system: persulfide
transfer to ISCU and its reduction by FDX2 that are both metal-dependent. This process is most likely
conserved in bacteria, but this is still awaiting confirmation. In the first step, iron comes first and
enables persulfide insertion in IscU/ISCU. In the second step, persulfide reduction is coupled to the
presence of iron. Altogether, these metal dependent steps probably allow allocation of the proper
amount of sulfur to the iron center of IscU/ISCU and coordinate sulfide release with the presence of
iron to generate the first iron-sulfide link. However, a number of key questions remain to be solved,
essentially the mechanism by which persulfide transfer and its reduction are coupled with iron and
how the mononuclear center of IscU/ISCU is converted into a dinuclear center to form the [2Fe2S]
cluster. By unravelling the primary steps of Fe–S cluster assembly, the functional role of frataxin is
also becoming more clear. There is now compelling evidence pointing to a role of frataxin as a kinetic
modulator of persulfide transfer.

Since the ISC and NIF systems are very similar in several ways, the data accumulated on the ISC
system will likely help unravel the mechanism by which the NIF machinery assembles Fe–S clusters.
In contrast, the comparisons of the ISC and SUF systems point to major differences. The persulfide
transfer process in the SUF systems is split into discrete steps involving sulfur relay proteins and a
trans-persulfuration reaction with the SufBC2D complex. In the first step, a buried area is created at the
interface of the SufS–SufE/U complex, to achieve the trans-persulfuration reaction. This protected area
probably shields the persulfide and the reactive cysteines from oxidants. The iron-insertion process also
seems very different, but its description is still too elusive to allow a clear description. Several other
questions are pending, essentially whether persulfide transfer is coupled with iron insertion, how the
persulfide is reduced into sulfide and how the [2Fe2S] cluster is formed. Addressing these questions
will improve our understanding of the mechanism by which the SUF machinery copes with iron-poor
and oxidative-stress conditions.
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Abstract: Iron-sulfur (Fe-S) clusters are essential protein cofactors. In enzymes, they are present either
in the rhombic [2Fe-2S] or the cubic [4Fe-4S] form, where they are involved in catalysis and electron
transfer and in the biosynthesis of metal-containing prosthetic groups like the molybdenum cofactor
(Moco). Here, we give an overview of the assembly of Fe-S clusters in bacteria and humans and present
their connection to the Moco biosynthesis pathway. In all organisms, Fe-S cluster assembly starts with
the abstraction of sulfur from l-cysteine and its transfer to a scaffold protein. After formation, Fe-S
clusters are transferred to carrier proteins that insert them into recipient apo-proteins. In eukaryotes
like humans and plants, Fe-S cluster assembly takes place both in mitochondria and in the cytosol.
Both Moco biosynthesis and Fe-S cluster assembly are highly conserved among all kingdoms of life.
Moco is a tricyclic pterin compound with molybdenum coordinated through its unique dithiolene
group. Moco biosynthesis begins in the mitochondria in a Fe-S cluster dependent step involving
radical/S-adenosylmethionine (SAM) chemistry. An intermediate is transferred to the cytosol where
the dithiolene group is formed, to which molybdenum is finally added. Further connections between
Fe-S cluster assembly and Moco biosynthesis are discussed in detail.

Keywords: Moco biosynthesis; Fe-S cluster assembly; l-cysteine desulfurase; ISC; SUF; NIF; iron;
molybdenum; sulfur

1. Introduction

As one of the most abundant metals on earth, iron naturally is one of the prevalent metal ions in
biological systems [1]. Iron is a major constituent of iron-sulfur (Fe-S) clusters and plays an important
role in life on earth. Fe-S centers are essential protein cofactors in all forms of life [2]. They are
involved in many key biological pathways including the metabolism of carbon, nitrogen and sulfur,
photosynthesis, respiration, biosynthesis of antibiotics, protein translation, replication and DNA repair,
gene regulation, protection from oxidizing agents, and neurotransmission. In particular, Fe-S centers
are not only involved as enzyme cofactors in catalysis and electron transfer, but they have been revealed
to be essential for the assembly of other metal-containing cofactors.

The most common clusters are [2Fe-2S], [3Fe-4S], and [4Fe-4S], and they are the most versatile
and presumably oldest cofactors of proteins in the cell (Figure 1). Their synthesis and insertion into
apo-proteins require the function of complex cellular machinery [2–4]. In addition to the roles named
above, Fe-S cluster-containing proteins play critical roles in the assembly of other metal-containing
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enzymes or metal-containing cofactors such as the molybdenum cofactor (Moco). In this case, Fe-S
cluster assembly has to precede the biosynthesis of this metal-dependent molecule.

Figure 1. Three common types of Fe-S clusters. Shown are the structures of a rhombic [2Fe-2S] and a
cubane [4Fe-4S] cluster. The [3Fe-4S] cluster can be generated by the loss of iron from a [4Fe-4S] cluster.
Sulfur is symbolized in yellow and iron is represented in red.

Fe-S clusters were first discovered in the early 1960s by H. Beinert, R.H. Sands, and others,
in photosynthetic organisms [5], nitrogen-fixing bacteria [6], and sub-mitochondrial fractions of
mammalian origin [7]. To date, numerous different types of proteins or enzymes containing diverse
Fe-S clusters have been identified [2]. Fe-S containing proteins are ubiquitous and unarguably constitute
the oldest but the structurally-heterogeneous class of proteins in biology. Fe-S enzymes are quite
diverse in function and many of them catalyze key redox reactions in central metabolism under both
aerobic and anaerobic conditions. Fe-S clusters can form spontaneously in solution from Fe2+/Fe3+,
R-S−, S2−; or from Fe2+, R-SH, and sulfur [8], and it has been suggested that the first biologically
meaningful reactions were catalyzed by Fe-S clusters [9]. Presumably, the first Fe-S proteins arose from
the incorporation of preformed inorganic Fe-S clusters into polypeptides. In the world as we currently
know it, the process of Fe-S cluster biosynthesis in living organisms turns out to be highly regulated
and is catalyzed by numerous biogenesis factors that are remarkably conserved among prokaryotes
and eukaryotes [4,10].

The complexity of Fe-S cluster biosynthesis became evident in 1998, when a complex gene cluster
was discovered in bacteria that codes for proteins that are involved in their controlled assembly [11].
In eukaryotes, the mitochondria were identified as the primary compartment for Fe-S cluster assembly
and were found to contain a very similar system as found in prokaryotes [12]. Since the late 1990s,
the proteins involved in Fe-S cluster biosynthesis have been studied and characterized extensively.
While these studies provided a general outline of in vitro and in vivo Fe-S cluster assembly, a number
of major questions remain to be answered. Remaining gaps in our knowledge are: how Fe-S clusters
are transferred to their target proteins, how specificity in this process is achieved and, in particular,
how the iron for cluster assembly is provided in the cell.

Among the most recent additions to the field of Fe-S dependent enzymes was the discovery of
the superfamily of radical/S-adenosylmethionine (radical/SAM) enzymes in 2001 [13]. These enzymes
utilize a [4Fe-4S] cluster and SAM to initiate a diverse set of radical reactions, in most cases via the
generation of a 5′-deoxyadenosyl radical intermediate. While this superfamily has been already
identified in 2001 by studies that were mainly based on bioinformatics, the discovery of new Fe-S
containing enzymes that employ SAM to initiate radical reactions still continues. Especially in recent
years, it has become obvious that most reaction pathways for the synthesis of complex metal-containing
cofactors have recruited radical/SAM chemistry [14]. One example has been the identification of
the mechanism of the radical/SAM enzyme MoaA, a GTP 3′,8-cyclase in the biosynthesis of Moco
of the diverse class of molybdoenzymes [15,16]. The number of known radical/SAM-dependent
enzymes grew exponentially during the last years, with an initial identification of 600 members of the
superfamily by Sofia et al. in 2001 that until today has increased to more than 113,000 members [14].
These enzymes are found across species and catalyze a diverse set of reactions, the vast majority of
which have yet to be characterized. Due to their functional diversity, most cellular processes depend
on this superfamily of [4Fe-4S]-containing enzymes.
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2. The Assembly of Fe-S Clusters in Bacteria

Three main Fe-S cluster assembly pathways have been identified to date, namely the NIF (nitrogen
fixation) system, the SUF (sulfur formation) system, and the ISC (iron sulfur cluster) system (reviewed
in Reference [4]) (Figure 2). The three systems have different phylogenetic distributions throughout the
three kingdoms of life. For example, in cyanobacteria, the SUF pathway is the major system for Fe-S
cluster assembly, while in Escherichia coli the ISC has the predominant role, while the SUF pathway
is more important under stress conditions [17]. Furthermore, in gram-positive pathogens such as
Mycobacteria or Clostridia, as well as some Archaea, the SUF pathway is essential. In other bacteria like
the plant-pathogenic bacterium Dickeya dandatii, all three ISC, SUF, and NIF systems are present [18].
In eukaryotes, the Fe-S cluster assembly pathway is further complicated by a different localization to
specific organelles [19]. Homologues of the ISC pathway are present predominantly in mitochondria,
while SUF homologues are restricted to the chloroplasts of some photosynthetic organisms (Figure 2).
In addition, a cytosolic iron sulfur cluster (CIA) machinery is present that appears to be distinct from
the SUF and ISC pathway.

Figure 2. Possible links of Fe-S cluster assembly systems in prokaryotes and eukaryotes. Bacterial
organisms harbor different complements of the NIF (nitrogen fixation), ISC (iron-sulfur cluster),
and SUF (sulfur mobilization) systems. The NIF system is specialized for the assembly of nitrogenase
in azototrophic bacteria. In bacteria like E. coli, both the ISC and SUF systems are present,
while Pseudomonads contain only the ISC system and Cyanobacteria contain only the SUF system, and in
Dickeya dandatii all three systems are present. The ISC assembly machinery of mitochondria is likely
inherited from an ancestor of α-proteobacteria, the evolutionary origin of these organelles. The SUF
machinery of plastids in higher plants has been likely inherited by endosymbiosis of a photosynthetic
bacterium. The cytosolic iron-sulfur protein assembly (CIA) machinery for the maturation of cytosolic
and nuclear Fe-S proteins depends on the mitochondrial ISC assembly machinery. These three systems
are highly conserved in eukaryotes from humans to yeast and plants.

Fe-S clusters are mainly bound to proteins by cysteine or histidine residues either in the rhombic
[2Fe-2S] or the cubic [4Fe-4S] forms (Figure 1) [20]. In model organisms, like E. coli, the Fe-S cluster
assembly pathways have been well studied. E. coli possesses two systems for Fe-S cluster assembly,
which share the same basic principles in cluster assembly. While the ISC machinery is transcribed
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by the iscRSUA-hscBA-fdx-iscX operon, the SUF machinery is organized in the sufABCDSE operon
(Figure 3) [21–23]. As a starting point, the l-cysteine desulfurases IscS or SufS convert l-cysteine to
l-alanine and provide the sulfur in the form of a protein-bound persulfide [23]. IscS was shown to
act as housekeeping l-cysteine desulfurase [11], while SufS acts under conditions of iron-limitation
and oxidative stress [24]. For house-keeping Fe-S cluster assembly, IscS interacts with IscU, thereby
making IscU accessible to receive the persulfide sulfur from IscS. In this step, IscU serves as a scaffold
protein for the initial assembly of [2Fe-2S] clusters and [4Fe-4S] clusters (Figure 3) [25,26]. The iron
source for nascent Fe-S cluster formation has not been identified yet; however, several proteins
have been discussed as candidates [27]. IscS and IscU proteins form a heterotetrameric complex
together with CyaY, the bacterial homologue to frataxin (see below) [26,28]. During this step of the
assembly of Fe-S clusters electrons are required for persulfide reduction. These electrons are most
likely provided by ferredoxin (Fdx) [29–31]. Initially, one [2Fe-2S] cluster is formed per IscU monomer
inducing a conformational change within the IscU protein that decreases the stability of the IscS–IscU
interaction [23]. This step is expected to further enable the reductive coupling of two [2Fe-2S] clusters
to form one single [4Fe-4S] cluster on IscU.

 

Figure 3. A model for the assembly of Fe-S clusters in E. coli by the ISC and SUF machinery. For each
system, the proteins involved in each step are indicated in addition to their operon organization.
The building of the Fe-S clusters in both systems is facilitated by the scaffold proteins IscU or SufB.
After the formation of [2Fe-2S] or [4Fe-4S] clusters on IscU, their release is catalyzed with the help of
the HscBA co/chaperones in the ISC system. This step in particular still needs to be clarified in the SUF
machinery. After formation, the clusters are transferred by the A-type carrier proteins IscA and SufA to
target proteins. Both systems are tightly regulated by IscR at the level of Fe-S cluster availability. Under
normal conditions, the IscR regulator exists in an [2Fe-2S] cluster bound form and represses its own
expression to control Fe-S cluster formation and the Fe-S state of the cell. Under iron limitation, the IscR
regulator is accumulated and converted to its apo-form that activates the suf operon. The model shows
a simplified version of the regulation of both systems, not depicting the regulation by small RNAs
or oxygen.
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For the release of Fe-S clusters from IscU, HscA, and HscB are involved in an ATP-dependent
manner, two members of the DnaK/DnaJ chaperones/co-chaperone family [32]. HscA recognizes
a specific motif on IscU, and their interaction is additionally regulated by the co-chaperone, HscB.
The mechanism by which the chaperone facilitates cluster release from IscU has been proposed to
involve two conformational states of IscU with different affinities to the bound Fe-S clusters [33].
The chaperones thereby favor the low-affinity IscU state and facilitate the release of the Fe-S cluster
from IscU.

In comparison, the SUF system has also been well characterized from studies in bacteria [4,24,34–37].
Here, SufS forms a complex with SufE, which together mobilize the sulfur for cluster assembly. In the
SUF machinery, SufB is the Fe-S scaffold protein that acts in conjunction with SufC (and in some cases
additionally with SufD) [38]. After Fe-S cluster formation, SufA then transfers the Fe-S clusters to
target apo-proteins [39] (Figure 3).

Numerous Fe-S carriers have been identified in both prokaryotes and eukaryotes [4]. These include
as main carriers the so-called A-type carriers (ATC) IscA, SufA, and ErpA (Figure 4) [40,41].
Other carriers include the highly-conserved NFU-type proteins [42], the monothiol glutaredoxins
(Grx 5 in yeast and GrxD in E. coli) [43,44], or the P-loop NTPases, (Ind1 in mitochondria, ApbC in
Salmonella) [45,46].

Previous phylogenetic studies had classified ErpA and IscA into two different families; while ErpA
belongs to family ATC-I, IscA was grouped into family ATC-II [40]. While ATC-I family members
interact with the apo-target proteins, the ATC-II family members are predicted to interact with the
scaffold proteins instead. However, the ATC proteins were also shown to replace each other in
their roles.

The expression of the SUF and ISC system has been revealed to be tightly regulated in
E. coli. While the ISC system is the house-keeping Fe-S cluster assembly system, the SUF system
instead is mainly synthesized under iron-limiting conditions [24]. One of the main regulators that
regulate the expression of either the ISC system or the SUF system is the IscR protein [4]. IscR is
a transcriptional regulator that exists in the apo-form and in a [2Fe-2S] cluster bound form in the
cell [47]. In its [2Fe-2S] cluster bound form, IscR represses its own expression in addition to that of
iscRSUA-hscBA-fdx-iscX. In contrast, in its apo-form, IscR activates the expression of the SUF system
(Figure 3) [4]. This mechanism allows IscR to fine-tune Fe-S cluster synthesis in response to the presence
of synthesized Fe-S clusters and iron availability in the cell.
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Figure 4. Moco biosynthesis and the link to Fe-S cluster assembly in E. coli. In Moco biosynthesis,
Mo-MPT is formed from 5′GTP with cPMP and MPT as stable intermediates. For enzymes of the
DMSO reductase family like TorCA or NarGHI, bis-MGD is formed by the addition of GMP to each
MPT unit in the bis-Mo-MPT intermediate. For enzymes like PaoABC, Mo-MPT is further modified by
the addition of CMP to form the MCD form of the cofactor. Molybdoenzymes, in general, are complex
enzymes, containing additional cofactors like FAD, Fe-S clusters, or hemes. The sulfur for the synthesis
of the dithiolene group in Moco is mobilized by IscS with the additional involvement of the TusA
protein. CyaY interacts with the IscS-IscU complex and forms a central heterotetramer. Fe-S clusters
assemble on the scaffold protein IscU, which receives the sulfur from the l-cysteine desulfurase IscS.
Assembly and release of the clusters is catalyzed by the chaperones HscAB. Ferredoxin is delivering
the electrons. The carrier proteins IscA and ErpA deliver the matured Fe-S clusters to recipient protein
among which is MoaA in Moco biosynthesis.

3. A General Scheme for the Biosynthesis of the Molybdenum Cofactor

The biosynthesis of the molybdenum cofactor (Moco) is highly conserved among all kingdoms of
life. The chemical nature of Moco was first determined by Rajagopalan and coworkers in 1982 [48].
The pathway for the biosynthesis can generally be divided into three steps, with the characteristic
of each step being the formation of a stable intermediate (Figure 4) [49–52]. The first step represents
the synthesis of cyclic pyranopterin monophosphate (cPMP) from 5′-GTP [53], the second step the
introduction of two sulfur atoms into cPMP forming molybdopterin (MPT) by [54], and the third step is
the insertion of molybdate into MPT, resulting in the formation of the so-called Mo-MPT cofactor [55].
In prokaryotes, Mo-MPT is further modified by the attachment of GMP or CMP to the phosphate group
of MPT, forming the two dinucleotide variants of Moco, MPT-guanine dinucleotide (MGD), [56] and
MPT-cytosine dinucleotide (MCD) [57,58] (Figure 4). The characteristics of different forms of Moco are
represented further by different ligands at the molybdenum atom. This resulted in the categorization
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of molybdoenzymes into three families (Figure 5): the xanthine oxidase (XO) family, the sulfite oxidase
(SO) family, and the dimethyl sulfoxide (DMSO) reductase family. Enzymes of the DMSO reductase
family generally contain two MPT moieties ligated to the molybdenum atom and are present only in
prokaryotes [50]. Here, we will briefly summarize the biosynthesis of Moco.

 

Figure 5. The three families of molybdoenzymes in pro- and eukaryotes. Moco exists in different
variants and is divided into three enzyme families. The basic form of Moco is Mo-MPT that coordinates
the molybdenum atom in a tri-oxo form. The SO family is present both in pro-and eukaryotes and is
characterized by a molybdenum ligation with one oxo-, one hydroxide- and one cysteine ligand from
the protein backbone. The XO family is also present in both pro- and eukaryotes and is characterized
by an equatorial sulfido-ligand, an apical oxo ligand, and one hydroxide or O- ligand. The XO family
contains the sulfurated form of Mo-MPT. In E. coli, an additional nucleotide is present in this family,
forming the molybdopterin cytosine dinucleotide cofactor (MCD). The DMSO reductase family contains
two MPTs (bis-Mo-MPT) or two MGDs (bis-MGD) ligated to one molybdenum atom with additional
ligands being an O/S and a sixth ligand which can be a serine, a cysteine, a selenocysteine, an aspartate
or a hydroxide ligand.

In the first step of Moco biosynthesis, 5′-GTP is converted to cPMP (Figure 4) [53]. cPMP is a
6-alkyl pterin with a cyclic phosphate group at the C2′ and C4′ atoms [59]. This reaction is catalyzed
by two enzymes, MoaA and MoaC [53,60] (Figure 4). While the individual catalytic functions of
MoaA and MoaC have long been unknown, recent studies showed that MoaA catalyzes the conversion
of GTP to (8S)-3′,8-cyclo-7,8-dihydroguanosine 5′triphosphate (3′,8-cH2GTP), and MoaC catalyzes
the conversion of 3′,8-cH2GTP to cPMP [15]. Details of the recent updates and the details of MoaA
mechanism, where [4Fe-4S] clusters play central roles, will be discussed in the next chapter.

In the second step of Moco biosynthesis, two sulfur atoms are inserted into cPMP, and MPT is
formed as a stable intermediate [54,61–65]. This reaction is catalyzed by MPT synthase, composed
of two MoaD and two MoaE subunits (Figure 4) [66]. The sulfur atoms required for this reaction
are present at the C-terminus of MoaD in form of a thiocarboxylate group [67,68]. Studies on the
reaction mechanism showed that the first sulfur is added at the C2′ position of cPMP in a reaction
that is coupled to the hydrolysis of the cPMP cyclic phosphate group [65]. The second sulfur is then
transferred to the C1′ of the hemisulfurated intermediate and MPT is formed as the product.
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In the third step of Moco biosynthesis, molybdate is inserted to the dithiolene sulfurs of MPT
and Mo-MPT is formed, one of the forms of Moco. The specific insertion of molybdenum into MPT
is catalyzed by the joined action of MoeA and MogA (Figure 4) [69,70]. MogA thereby hydrolyzes
ATP and forms the activated MPT-AMP intermediate [71]. This intermediate is then transferred to
MoeA, which mediates molybdenum ligation at low concentrations of MoO4

2− [70]. Mo-MPT can be
further modified by nucleotide addition in the next step of Moco biosynthesis, which is present only in
prokaryotes (Figure 5) [72]. Alternatively, the Mo-MPT cofactor can be directly inserted into enzymes
of the SO family. In this family, the molybdenum atom of Mo-MPT is coordinated by a cysteine from
the polypeptide backbone of the protein, representing the cofactor in its MPT-MoVIO2 form [50].

The proteins of the DMSO reductase family in bacteria contain the bis-MGD cofactor (Figure 5) [50].
The synthesis of the bis-MGD was shown to occur in a two-step reaction catalysed by MobA using
Mo-MPT and Mg-GTP as substrates [72]. In the first reaction, the bis-Mo-MPT intermediate is formed
on MobA from two Mo-MPT molecules [73]. In the second reaction, two GMP moieties from GTP are
added to the C4′ phosphate of bis-Mo-MPT, forming the bis-MGD cofactor [74,75]. After the formation
of bis-MGD, the cofactor can be released from MobA and inserted into target enzymes. However, it is
expected that bis-MGD does not exist in a free form in the cell. Formed bis-MGD is rather expected to
be immediately recruited by Moco-binding chaperones that protect the cofactor from oxidation and
specifically interact with their target apo-molybdoenzymes for bis-MGD insertion. After insertion,
bis-MGD is generally ligated by a serine, a cysteine, a selenocysteine, or an aspartate from the protein
backbone. The other ligand in enzymes of the DMSO reductase family that bind the bis-MGD cofactor
is an oxo- or sulfido atom.

The addition of CMP results in the formation of the MPT-cytosine dinucleotide (MCD) cofactor [58],
a cofactor that is present in the xanthine oxidase family of molybdoenzymes in bacteria (Figure 5).
The formation of MCD is catalyzed by MocA (Moco cytidylyltransferase). After the formation of MCD
and the bis-MGD cofactor, a further modification at the molybdenum atom can occur by the addition
of a terminal sulfido-ligand [76]. The sulfido-ligand at the equatorial position of the molybdenum
atom is a characteristic feature of enzymes in the xanthine oxidase family. In eukaryotes, enzymes of
this family do not harbor the additional CMP modification of the cofactor (Figure 5).

4. Linking Moco Biosynthesis and Fe-S Cluster Assembly in Bacteria

More than 60 different Moco-containing molybdoenzymes have been identified to date [77].
In recent years it has become evident that the biosynthesis of Moco and the assembly of Fe-S clusters are
directly connected to each other. Moco biosynthesis directly depends on the presence of Fe-S clusters or
components of the Fe-S cluster assembly machinery on several levels (Figure 4). Many molybdoenzymes
bind Fe-S clusters as additional cofactors that are involved in intramolecular electron transfer reactions.
In Moco biosynthesis, the MoaA protein harbors two [4Fe-4S] clusters and thus directly depends
on Fe-S cluster assembly. In addition, the l-cysteine desulfurase IscS is shared between Fe-S cluster
assembly and Moco biosynthesis since it also mobilizes the sulfur for the synthesis of the dithiolene
group present in Moco. Further, the expression of most molybdoenzymes and proteins involved in
Moco biosynthesis in bacteria is regulated by the transcriptional regulator for fumarate and nitrate
reduction, FNR [78,79]. The activity of FNR itself is directly dependent on the availability of Fe-S
clusters under anaerobic conditions; consequently, Moco is not synthesized and molybdoenzymes are
not expressed when Fe-S clusters are not assembled (Figure 4).

4.1. The Involvement of Radical SAM Chemistry for Moco Biosynthesis

The first step of Moco biosynthesis, the conversion of GTP into cPMP, directly depends on the
assembly of [4Fe-4S] clusters, which proceeds through a complex rearrangement reaction, where C8 of
guanine is being inserted between C2′ and C3′ of ribose [60]. During this reaction, MoaA plays a key
role. MoaA is the only protein that binds Fe-S clusters in the pathway of Moco biosynthesis and was
grouped into the superfamily of radical/SAM enzymes. In general, the mechanism of radical SAM
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chemistry involves the [4Fe-4S]2+ cluster bound to the C-X3-C-X2-C motif located at the N-terminus of
radical SAM superfamily enzymes (Figure 6).

Figure 6. A general scheme for the mechanism of radical-SAM enzymes. The [4Fe-4S] that is bound to
the conserved C-X3-C-X2-C motif provides the electron required for the reductive cleavage of SAM.
In this reaction, methionine and the adenosyl radical (dAdo·) is generated. The formed dAdo· then
abstracts a hydrogen atom from the substrate (SH), and a substrate radical (S·) and dAdoH are formed.

The cluster is reduced by one electron to the catalytically-active state and coordinates the
substrate 5′S-adenosyl-methionine (SAM). In the reduced [4Fe-4S]+ state, the cluster transfers
an electron to the sulfonium sulfur of SAM, thereby promoting homolytic S–C bond cleavage to
generate the 5′-deoxyadenosyl radical intermediate (dAdo·) and methionine. The dAdo· intermediate
then abstracts a hydrogen atom from the substrate. The 5′-deoxyadenosine (dAdoH) is formed,
and the resulting product radical intermediate may either be the end product or can undergo further
transformations (Figure 6).

In the first step of Moco biosynthesis, MoaA and MoaC catalyze the conversion of 5′GTP into
cyclic pyranopterin monophosphate (cPMP). MoaA is a member of the radical SAM superfamily and
binds the characteristic [4Fe-4S] cluster at the N-terminus and an additional [4Fe-4S] at the C-terminus.
For Fe-S cluster insertion into MoaA, recent studies showed that both ErpA and IscA can provide Fe-S
clusters to MoaA. Since ΔerpA/ΔiscA double mutant strains were revealed to be completely devoid of
Moco, it was concluded that SufA is unable to substitute the roles of both A-type carrier proteins for
Moco biosynthesis (unpublished results).

The mechanism of cPMP formation was first investigated using isotope labeling experiments,
which indicated that the C-8 atom of the guanine base of GTP is inserted between the C2′ and C3′
atoms of the ribose moiety.

Recent studies showed that MoaA catalyzes the conversion of GTP into a 3′,8-cyclo-7,8-
dihydroguanosine 5′-triphosphate (3′,8-cH2GTP) intermediate (Figure 7). The conversion of GTP into
3′,8-cH2GTP by MoaA proceeds through a radical formation at C3′ by the abstraction of the H-3′ atom
of GTP by 5′-dAdo· [15,80]. The free radical generated at the C3′ of the ribose has been revealed by
isotope labeling studies [15,80], where a deuterium atom at the 3′-position was shown to be transferred
to dAdoH. The resulting C3′ centered radical attacks C8 to form the aminyl radical intermediate,
which is then reduced by transfer of an electron and a proton to form 3′,8-cH2GTP. Therefore, MoaA
catalyzes the C–C bond formation between the GTP C3′ and the C8 of the guanine, resulting in the
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3′,8-cH2GTP intermediate as the end product of the MoaA catalyzed reaction. The conversion of
3′,8-cH2GTP to cPMP is catalyzed by MoaC in the next step of the reaction [15]. It has been proposed
that two loops in MoaC provide conformational flexibility of the enzyme that facilitates a general
acid/base-catalyzed mechanism for the formation of the pyranopterin structure that is coupled to the
cyclic phosphate ring formation (Figure 7). This step catalyzed by MoaC involves the irreversible
cleavage of the pyrophosphate group that has been proposed to provide the thermodynamic driving
force for the overall reaction.

Figure 7. The conversion of 5′GTP to cPMP involving the functions of MoaA and MoaC. The colors
on 5′GTP and cPMP indicate the source of the carbon and nitrogen atoms in cPMP as determined by
isotope labeling studies. The reaction involves the formation of 3′,8-cH2GTP as the product of MoaA
and the substrate for MoaC.

4.2. Sulfur Mobilization Involves Sharing of Protein Functions in Prokaryotes

In the next step of Moco biosynthesis, cPMP is converted to MPT in a reaction catalyzed by MPT
synthase [54,61–64]. In this reaction, two sulfur atoms are inserted into the C2′ position of cPMP
and the C1′ position of the formed hemisulfurated intermediate [65]. In bacteria, MPT synthase is
composed as a (αβ)2 heterotetramer of two central MoaE subunits, each binding one MoaD subunit
(Figure 4) [66]. The sulfur atoms required for this reaction are bound as thiocarboxylate groups at the
C-terminus of each MoaD subunit [67,68]. After the sulfur transfer reaction, the thiocarboxylate group is
regenerated on each MoaD subunit. This reaction is catalyzed by MoeB under ATP consumption [81,82].
In the course of the reaction, MoaD dissociates from MoaE and reassociates with MoeB in a (αβ)2

heterotetramer. In the first step, an acyl-adenylate group is formed at the C-terminus of MoaD [81,83,84].
In a second step, sulfur is directly transferred from a sulfur transferase to the activated MoaD-AMP
C-terminus, and the MoaD thiocarboxylate (MoaD-COSH) is rebuilt. MoaD-COSH then dissociates
from the (MoeB-MoaD)2 complex and MoaD reassociates with MoaE [84,85]. The proteins IscS and
TusA are proposed to be involved in the sulfur transfer reaction for the formation of the MoaD
thiocarboxylate group in E. coli (Figure 4) [86,87]. It has been proposed that IscS first forms a persulfide
group on TusA that is then reductively cleaved and transferred to MoaD by attacking the MoaD–AMP
bond [88,89].

After MPT formation, the dithiolene group of MPT serves as the backbone for molybdenum
ligation. This step is catalyzed by MogA and MoeA under ATP consumption by the formation
of an MPT-AMP intermediate catalyzed by MogA. After molybdate insertion into MPT-AMP in a
MoeA-dependent reaction, the resulting tri-oxo Mo-MPT is either inserted into enzymes of the SO
family or is further modified by nucleotide (GMP or CMP) addition, forming the MCD or bis-MGD
cofactors, respectively.

4.3. The Insertion of Different Cofactors into Molybdoenzymes in Bacteria

Molybdoenzymes are generally composed of different subunits harboring additional prosthetic
groups, such as cytochromes, the Fe-S cluster, or FAD/FMN that are involved in intramolecular electron
transfer reactions (Figure 4) [50]. The molybdenum atom thereby exists in the oxidation states VI, V,
or IV under physiological conditions and acts as a transducer between 2 electron transfer and 1 electron
transfer processes often coupled to proton transfer.
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In general, Moco is deeply buried within the enzyme that is accessible via a substrate-binding
funnel leading to the molybdenum atom [90]. It has been suggested that Moco insertion is
accomplished by molecular chaperones that induce the final folding of the enzymes after Moco
insertion [91]. The insertion of the different forms of Moco has been best studied in bacteria. In E. coli,
many molybdoenzymes are located in the periplasm and require the Tat system for their translocation.
The transport of enzymes occurs in the folded state after the insertion of the Moco and Fe-S clusters or
other cofactors. This translocation presents a “quality control” step accomplished by the chaperones
as Moco insertases and ensures that only the matured enzymes that contain Moco are translocated.
After subunit assembly, Moco is inserted, final folding of the enzyme is accomplished, the enzyme is
directed to the Tat-translocon and finally exported to the periplasm.

For Fe-S cluster insertion into enzymes, several A-type carriers have been identified that facilitate
this process [40]. These proteins, which are SufA, IscA, or ErpA in E. coli, carry and insert the Fe-S
clusters to designated target proteins. Previous reports suggested that ErpA is essential for the
formation of an active formate-nitrate reductase complex in E. coli [92]. It was shown that E. coli erpA
mutant strains were devoid of formate dehydrogenase and nitrate reductase activities. In these studies,
IscA was able to partially complement the erpA mutant, showing that these proteins might have
overlapping roles, but ErpA seems to be the more specific enzyme for nitrate reductase and formate
reductase maturation [92]. However, the overlapping effects of Fe-S cluster assembly and biosynthesis
and insertion of Moco were not accounted for in this study. Since MoaA contains Fe-S clusters, the effect
of the erpA mutant might have already been a decrease in MoaA activity, leading to a lack of Moco in
the cell. Recent studies revealed that NarG is not expressed in erpA mutant strains and that inactive
FNR precludes the expression of the narGHJI operon (unpublished results). Additionally, it was shown
that ErpA and IscA are involved in Fe-S cluster insertion into MoaA (unpublished results), so that the
inactivity of nitrate reductase and formate dehydrogenase in erpA mutant strains is likely rather based
on the lack of Moco. It still remains possible that, in addition, ErpA and IscA are involved in Fe-S cluster
insertion into these molybdoenzymes. However, based on the lack of expression of the FNR-regulated
operons, the involvement of these proteins cannot be analyzed. Thus, it is difficult to dissect the
combined effects of Moco biosynthesis and Fe-S cluster insertion for molybdoenzyme maturation.

5. Compartmentalization of Fe-S Cluster and Moco Biosynthesis in Eukaryotes: The Role
of Mitochondria

5.1. Mitochondrial Fe-S Cluster Biosynthesis in Eukaryotes

In eukaryotes, the main Fe-S cluster assembly is localized in the mitochondria, which were derived
from bacteria by endosymbiosis. The key component for Fe-S cluster biosynthesis in mitochondria is
the l-cysteine desulfurase NFS1, which forms the central dimer (Figure 8).

The enzyme serves as the general sulfur donor for cellular Fe-S cluster synthesis, also for cytosolic
Fe-S clusters. At the NFS1 dimer interface, a dimer of ISD11 is bound that stabilizes NFS1 [93–95].
While ISD11 is conserved in eukaryotes [96], a prokaryotic homolog of ISD11 is not known [93].
ISD11 belongs to the large family of LYRM proteins that fold into a triple-helical bundle [97]. ISD11
contributes to the interaction with the acyl carrier protein ACP1 [93]. While ACP1 is not needed for
efficient synthesis of the [2Fe-2S] cluster on ISCU2, the ISD11-ACP1 sub-complex was proposed to
regulate Fe-S cluster assembly by linking the energy load of the cells to the Fe-S cluster assembly
complex [98]. Each monomer of the NFS1 dimer binds frataxin (FXN), ISCU2, and FDX2 at the two
opposite ends. For the conversion of the persulfide sulfur (S0) to sulfide (S2−), electrons are required,
which are provided by FDX2 [99–102]. First, a [2Fe-2S] cluster is formed on ISCU2, by combining Fe2+

entry from a still unresolved iron donor and S2− provided by NFS1. The role of FXN in this process is
still under debate.

The next step in mitochondrial Fe-S protein biogenesis involves the dissociation of the [2Fe-2S]
cluster from ISCU2, its trafficking to the monothiol glutaredoxin GLRX5 as an intermediate Fe-S cluster
binding partner, and the specific insertion into target proteins (Figure 8) [103–105]. This reaction
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requires the roles of the dedicated chaperone system of the Hsp40-Hsp70 (DnaJ-DnaK) class [106,107].
For cluster transfer, the DnaJ co-chaperone HSC20 binds to a hydrophobic motif in ISCU2 [97,108,109].
The HSC20-ISCU2 complex then recruits the Hsp70 chaperone HSPA9. In the next step, the cluster
is transferred to GLRX5. For [2Fe-2S] cluster transfer to target proteins, no further proteins are
required [110]. However, since GLRX5 is not essential, the protein function can be bypassed by direct
transfer of [2Fe-2S] from ISCU2.

Figure 8. The different compartments for the biosynthesis of Moco in humans and the link to Fe-S
cluster assembly in mitochondria. The first step of Moco biosynthesis, the conversion of 5’GTP to cPMP
catalyzed by MOCS1A and MOCS1B, is localized in mitochondria. This is also the main compartment
for Fe-S cluster biosynthesis in eukaryotes. Fe-S clusters assemble on the scaffold protein ISCU2, which
receives the sulfur from the l-cysteine desulfurase complex NFS1/ISD11. Frataxin (FDN) interacts
with the NFS1/Isd11-ISCU2 complex to form the quaternary complex. Ferredoxin (FDX2) delivers
the electrons for the process. Assembly and release of the clusters from ISCU2 are facilitated by the
chaperones HSC20/HSPA9. The carrier proteins GLRX5, ISCA2, and/or IBA57 deliver the Fe-S clusters
to target proteins, like MOCS1A in Moco biosynthesis. Synthesized cPMP by MOCS1A/B needs to
be transferred to the cytosol, where all further modification steps of Moco are catalyzed. These steps
involve the conversion of cPMP to MPT by MOCS2A/MOCS2B (which are activated by MOCS3),
the insertion of molybdate by GEPHYRIN (GEPH), and the insertion of Mo-MPT either to the mARC
protein (localized at the outer mitochondrial membrane) or to sulfite oxidase (before its translocation
to the mitochondrial intermembrane space). For aldehyde oxidase and xanthine dehydrogenase,
the formation of the equatorial sulfido-ligand is transferred by HMCS. Dual localization of NFS1 both
in mitochondria and the cytosol is predicted. Cytosolic NFS1 acts as a sulfur donor for MOCS3.

The assembly and insertion of [4Fe-4S] clusters additionally require the A-type ISC proteins
ISCA1-ISCA2 and IBA57 (Figure 8) [111–114]. How these proteins mechanistically assist the fusion of
the [2Fe-2S] into a [4Fe-4S] cluster is a complex process involving the transfer of [2Fe-2S] clusters from
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GLRX5 to ISCA1-ISCA2 and the assembly of a [4Fe-4S] cluster on the ISCA1-ISCA2 complex [115–117].
IBA57 is not required in this step. IBA57 was shown to form a [2Fe-2S] cluster-mediated complex
specifically with ISCA2, involving GLRX5 [111,118,119]. Mitochondrial [4Fe-4S] cluster biosynthesis
is a dynamic system, also involving Nfu1, Ind1 and BolA3 in some cases (recently reviewed in
Reference [120]). The Fe-S cluster insertion for the human MoaA homologue MOCS1A (see below) has
not been investigated so far.

5.2. Cytosolic Fe-S Cluster Assembly: The CIA Machinery

For cytosolic Fe-S cluster assembly, the mitochondrial ISC system has been proposed to be
essential [121,122]. Studies by several groups have shown that the mitochondrial ISC machinery
generates a sulfur-containing factor “X-S” that is exported to the cytosol via the mitochondrial
ABC transporter ABCB7 and is used for cytosolic Fe-S cluster assembly by the CIA machinery
(Figure 9) [12,123–125]. However, models also exist that propose that cytosolic versions of NFS1, ISCU,
and FDN are involved in cytosolic Fe-S cluster formation [120]. The CIA machinery is composed of
up to 13 known proteins that assemble both cytosolic and nuclear Fe-S proteins. Initially, a [4Fe-4S]
cluster is assembled on the CIA scaffold complex formed between CFD1-NBP35 (Figure 9) [125,126].
The initial cluster synthesis on CFD1-NBP35 further requires the electron transfer chain composed
of the flavin-dependent oxidoreductase NDOR1 and CIAPIN1, however, the precise role of the
electron-transfer for cluster synthesis is not completely understood yet [127,128]. The insertion of the
two Fe-S clusters of CIAPIN1 additionally requires the cytosolic monothiol glutaredoxin reductase
GLRX3 [129–131]. GLRX3 binds a bridging [2Fe-2S] cluster with BOLA2 which is further transferred to
CIAPIN1 (Figure 9) [130,132]. CIAPIN1 can coordinate a pair of [2Fe-2S] clusters or a [2Fe-2S] cluster
and a [4Fe-4S] cluster [115,128,133,134]. While the BOLA2-GLRX3 complex is able to transfer [2Fe-2S]
clusters to CIAPIN1, the formation of the [4Fe-4S] cluster in CIAPIN1 is still fully undefined.

Figure 9. Model of the cytosolic Fe-S cluster assembly (CIA) in humans. Assembly of cytosolic
Fe-S clusters starts in mitochondria with components of the early ISC machinery synthesizing a
sulfur-containing precursor (X-S) that is subsequently exported to the cytosol by the ABC transporter
ABCB7. The CIA machinery involves [4Fe-4S] cluster assembly by the CFD1-NBP35 complex serving
as a cluster scaffold. This reaction requires electron input from the flavin-oxidoreductase NDOR1 and
the Fe-S protein CIAPIN1. The complex of GLRX3-BOLA2 facilitates [2Fe-2S] cluster insertion into
CIAPIN1. In the next step, the CFD1-NBP35-bound [4Fe-4S] cluster is released and transferred to
the majority of target Fe-S apoproteins with the help of CIAO3. Fe-S cluster targeting to individual
apoproteins is achieved by CIAO1, CIAO2B, and MMS19.

The next step of cytosolic Fe-S assembly involves the trafficking of the [4Fe-4S] cluster from the
CFD1-NBP35 complex to CIAO3 and then to the CIA targeting complex (CTC) which is composed of
CIAO1, CIAO2B, and MMS19 [135,136]. From this complex, which can be formed with different protein
components, the cluster is transferred directly to target proteins (Figure 9). The specific interaction
with the target proteins is mediated by the CTC proteins.
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5.3. The Formation of cPMP Is Localized in Mitochondria

The conversion of 5′GTP to cPMP is localized in mitochondria in humans in a reaction that is
catalyzed by MOCS1A and MOCS1B [137]. As explained above, this compartment is also the main
compartment for the synthesis of Fe-S clusters (Figure 8). Since MOCS1A requires two [4Fe-4S] clusters
for activity, it remains speculative that linking that first step of Moco biosynthesis to mitochondrial
Fe-S cluster assembly provided a mechanistic advantage [138]. Since MOCS1A and MOCS1B are
highly homologous to their bacterial counterparts, MoaA and MoaC, respectively, the conversion of
5′GTP to cPMP is catalyzed by the same mechanism and is therefore not described in detail again
(Figure 7). After cPMP formation, the molecule has to be transported to the cytosol, where all further
steps of Moco biosynthesis are catalyzed. For plants, it has been suggested that the export of cPMP
involves the transporter protein Atm3 [139]. The human counterpart to Atm3 is ABCB7 (Figure 9).
Surprisingly, Atm3, like ABCB7 has initially been suggested to transport the “X-S” species essential
for cytosolic Fe-S cluster assembly. The precise role of Atm3 is consequently still unknown and the
defects in molybdoenzyme activities in Atm3 mutants might also be explained by an overlapping
defect in Fe-S cluster assembly. Future studies are necessary to further explore the export of cPMP
from mitochondria to the cytosol.

5.4. Moco Is Formed in the Cytosol

After its transport to the cytosol, cPMP is converted to MPT in the reaction catalyzed by MPT
synthase. In humans, MPT synthase is formed by MOCS2A and MOCS2B, the homologues of MoaD
and MoeB, respectively (Figure 10). Both the human and bacterial MPT synthases catalyze a similar
reaction that is explained in detail for the bacterial counterparts above (Figure 4) [68].

Figure 10. Regeneration of the thiocarboxylate group on MOCS2A. Conversion of cPMP to MPT
requires the transfer of two sulfur, a reaction catalyzed by MPT synthase. The formation of the MOCS2A
thiocarboxylate group is catalyzed after the formation of the (MOCS2A/MOCS3)2 complex in humans.
First, MOCS2A-AMP is formed under ATP consumption. MOCS3 receives the sulfur from NFS1, and a
persulfide group is formed at the C-terminal domain of MOCS3. This sulfur is then transferred to
MOCS2A with the formation of a perthiocarboxylate group as the intermediate. After reductive cleavage,
the thiocarboxylate group on MOCS2A is formed and MOCS2A-SH reassociates with MOCS2B.
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After the MPT synthase reaction, the C-terminal carboxylate group on MOCS2A is regenerated by
MOCS3 (Figure 10) [140]. MOCS3 contains an N-terminal domain that is homologous to the E. coli
MoeB protein and a C-terminal domain that shares homologies to sulfur transferases (rhodaneses).
First, the N-terminal domain of MOCS3 activates the C-terminus of MOCS2A under ATP consumption
(Figure 10). In the second part of the reaction, sulfur is transferred from the C-terminal rhodanese-like
domain of MOSC3 to the formed MOCS2A-AMP [141,142]. This reaction differs from the reaction
described for the E. coli proteins, since the MOCS3 protein itself catalyzes both the adenylation and
the sulfur transfer reaction. The persulfide group on MOCS3 has been suggested to be formed by
the l-cysteine desulfurase NFS1 in the cytosol [143,144]. It has been proposed that small amounts
of NFS1 in the cytosol are sufficient for supplying the sulfur for MPT formation [143]. Since for the
CIA machinery cytosolic NFS1 might not be required, it remains possible that the role of NFS1 in the
cytosol is restricted to Moco biosynthesis. Further studies are necessary to confirm this.

After the MPT formation, molybdate ion is ligated to the dithiolene group of MPT. GEPHYRIN is
the homolog of the bacterial MogA and MoeA proteins (Figure 8) [145]. GEPHYRIN is a two-domain
protein with one domain being homologous to MogA and the other domain being homologous to
MoeA [146].

The chemistry of molybdenum insertion has been studied in detail for the plant counterpart of
GEPHYRIN, named CNX1. The AMP-part of MPT-AMP functions as an anchor on the E-domain while
the dithiolene moiety of MPT-AMP points to a separate pocket on the E-domain where molybdate is
bound and waits to be inserted. Finally, the pyrophosphate bond between AMP and MPT is hydrolyzed
and the newly-formed Moco is released [147].

After the completion of Moco, the cofactor can be directly inserted into the molybdoenzymes
sulfite oxidase or mARC which belong to the SO family of molybdoenzymes (Figure 8) [148]. For the
two enzymes of the XO family, xanthine dehydrogenase and aldehyde oxidase, Moco is further
modified by the formation of an equatorial sulfido-group [149,150]. This reaction is catalyzed by
a Moco sulfurase, named HMCS (human molybdenum cofactor sulfurase) before the insertion of
the cofactor into molybdoenzymes (Figure 8). HMCS is a homodimeric two-domain protein with
an N-terminal domain sharing homologies to the bacterial l-cysteine desulfurases IscS [151] and a
C-terminal domain that binds Moco. The Moco-sulfido group is directly formed on Mo-MPT bound
to the C-terminal domain by transfer of a persulfide group from the N-terminal domain [152,153].
After sulfuration, Moco is then inserted into the target enzymes xanthine dehydrogenase and aldehyde
oxidase (Figure 8) [152,153]. So far, it is not known which enzymes of the CIA machinery insert the
two [2Fe-2S] clusters into xanthine dehydrogenase or aldehyde oxidase.

6. Conclusions

In this review, we highlighted the link between the biosynthesis and maturation of
molybdoenzymes and the biosynthesis and distribution of Fe-S clusters. Several levels of this
link were identified: (a) the synthesis of the first intermediate in Moco biosynthesis requires a
radical/SAM-dependent protein; (b) the sulfurtransferase for the dithiolene group in Moco is shared
with the synthesis of Fe-S clusters; (c) the modification of the active site with a sulfur atom additionally
involves an l-cysteine desulfurase, and (d) most molybdoenzymes require Fe-S clusters as additional
redox-active cofactors. While the general pathways of the biosynthesis/assembly of Moco and Fe-S
clusters have been studied in detail, numerous open questions still remain. One of the most intriguing
questions in Fe-S cluster assembly is the source of the iron atom in the cluster. In particular, iron has to
be provided in the correct oxidation state for biological processes. Further, after the biosynthesis of
the complex cofactors like Fe-S clusters and Moco, intricate mechanisms have to control distribution,
trafficking, and insertion of these cofactors into their specific target proteins. The transfer mechanisms
involve cofactor-binding chaperones, as most of these prosthetic groups are extremely fragile and
oxygen-sensitive. The specificity of the cluster transfer process into target proteins, their recognition,
and the hierarchy in which metal-center insertion for Fe-S clusters and Moco occurs, is still largely
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unresolved. Also, the compound “X-S” that is delivered by the mitochondrial Fe-S cluster machinery
to the CIA machinery is still unknown.

For humans, the molybdoenzyme sulfite oxidase is most crucial for survival and it is located in
the mitochondrial intermembrane space. A lack of sulfite oxidase activity usually results in death in
early childhood. The dependency on Fe-S clusters for the biosynthesis of Moco directly links Fe-S
cluster related diseases to the severe outcome of sulfite oxidase deficiency. The link of Fe-S cluster
related diseases to Moco deficiency needs to be investigated in future studies.
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Abstract: Tungsten is the heaviest element used in biological systems. It occurs in the active sites of
several bacterial or archaeal enzymes and is ligated to an organic cofactor (metallopterin or metal
binding pterin; MPT) which is referred to as tungsten cofactor (Wco). Wco-containing enzymes are
found in the dimethyl sulfoxide reductase (DMSOR) and the aldehyde:ferredoxin oxidoreductase
(AOR) families of MPT-containing enzymes. Some depend on Wco, such as aldehyde oxidoreductases
(AORs), class II benzoyl-CoA reductases (BCRs) and acetylene hydratases (AHs), whereas others
may incorporate either Wco or molybdenum cofactor (Moco), such as formate dehydrogenases,
formylmethanofuran dehydrogenases or nitrate reductases. The obligately tungsten-dependent
enzymes catalyze rather unusual reactions such as ones with extremely low-potential electron
transfers (AOR, BCR) or an unusual hydration reaction (AH). In recent years, insights into the
structure and function of many tungstoenzymes have been obtained. Though specific and unspecific
ABC transporter uptake systems have been described for tungstate and molybdate, only little is
known about further discriminative steps in Moco and Wco biosynthesis. In bacteria producing Moco-
and Wco-containing enzymes simultaneously, paralogous isoforms of the metal insertase MoeA may
be specifically involved in the molybdenum- and tungsten-insertion into MPT, and in targeting Moco
or Wco to their respective apo-enzymes. Wco-containing enzymes are of emerging biotechnological
interest for a number of applications such as the biocatalytic reduction of CO2, carboxylic acids and
aromatic compounds, or the conversion of acetylene to acetaldehyde.

Keywords: tungsten enzymes; tungsten cofactor; aldehyde:ferredoxin oxidoreductase; benzoyl-CoA
reductase; acetylene hydratase; formate dehydrogenase

1. Introduction

Tungsten and molybdenum are transition metals of the sixth group and occur in nature
predominantly in form of their oxyanions—tungstate (WO4

2−) and molybdate (MoO4
2−). While their

average abundance in the earth’s crust is highly similar, their bioavailability may differ in various
aqueous environments. Both metals are present in biological systems in ligation to the so-called
metallopterin (or metal binding pterin, MPT, initially introduced as molybdopterin), which occurs
as a three-ring pyranopterin compound in most known molybdo- or tungstoenzymes. The entire
metal cofactors are referred to as Moco or Wco, respectively [1–6]. There are many variants of
MPT-derived cofactors with regard to the metal inserted, the presence of additional ligands of the
metal, the number of pyranopterin molecules bound per metal (one or two), and the attachment of
additional nucleotides to the MPT core. According to this structural diversity and the underlying
amino acid sequence similarities, MPT-containing enzymes can be divided into four unrelated families:
(i) xanthine oxidase (XO), (ii) sulfite oxidase (SO), (iii) dimethyl sulfoxide reductase (DMSOR), and (iv)
aldehyde oxidoreductase (AOR) families. Wco-containing enzymes belong to the DMSOR and AOR
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families, whereas Moco is predominantly found in members of the XO, SO and DMSOR families. In the
AOR family, tungsten is always bound by two MPTs, referred to as W-bis-MPT; in DMSOR family
members, tungsten or molybdenum is coordinated by two MPT guanine dinucleotide (MGD) moieties,
referred to as W-/Mo-bis-MGD cofactor (Figure 1). All tungstoenzymes contain at least one Fe-S cluster
next to Wco, and especially the multi-subunit enzymes harbor a number of additional redox-active
cofactors such as Fe-S clusters, flavins or hemes.

 

Figure 1. Tungsten cofactor (Wco) found in members of the dimethyl sulfoxide reductase (DMSOR)
and aldehyde oxidoreductase (AOR) enzyme families. The former contains either Mo-bis-MPT guanine
dinucleotide (MGD) or W-bis-MGD, the latter in most cases use W-bis-metallopterin (MPT) as the
active site cofactor.

The majority of Moco- or Wco-containing enzymes catalyze hydroxy- or oxo-transfer reactions
such as water-dependent hydroxylations or hydrations via water-, hydroxyl-, or oxo-intermediates
bound to the metal in the catalytic course. There are also examples of MPT-dependent enzymes
catalyzing hydride or hydrogen atom transfers (e.g., formate dehydrogenase or class II benzoyl-CoA
reductase) or sulfur atom transfer reactions (polysulfide reductase). With the exception of acetylene
hydratase, all Wco- and Moco-containing enzymes catalyze redox reactions (Figure 2). It is evident
that most naturally occurring tungstoenzymes are involved in low-potential (E◦’ < −400 mV) electron
transfer reactions. This finding can be rationalized by the generally lower redox potential of the
biologically relevant redox transitions of W(IV/V/VI) vs. Mo(IV/V/VI). Though acetylene hydratase
does not catalyze a redox reaction, the enzyme depends on a low-potential redox activation (see below).

Based on the highly similar physicochemical properties of molybdate and tungstate, the latter
was initially considered to act as a general inhibitor of Moco-dependent enzymes, which has been
observed in many cases if the replacement of molybdenum by tungsten is enforced by high tungstate
concentrations (for an excellent review on this aspect, see [7]). As an example, a recent study used
tungstate to inhibit Moco-dependent enzymes from facultatively anaerobic bacteria involved in gut
disorders [8]. In facultatively tungsten-dependent enzymes that occur with either of the two metals,
the bioavailability of tungstate or molybdate may govern which of the two metals is incorporated into
bis-MPT-containing enzymes.

Today, it has become evident that Wco is an essential cofactor of many archaeal and bacterial
enzymes that have been discussed in previous reviews with various focuses [7,9–12]. Here, we first
aim to provide a state-of-the-art overview of the occurrence and function of obligately and facultatively
tungsten-containing enzymes. We then discuss processes that may be involved in discriminating
between molybdenum and tungsten during uptake, Mo/W-MPT synthesis and the incorporation into
their respective apo-enzymes. This aspect is of particular importance for the emerging number of
organisms that simultaneously produce Wco- and Moco-dependent enzymes.
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Figure 2. Reactions catalyzed by obligately and facultatively tungsten-dependent enzymes.
Abbreviations: AOR: aldehyde oxidoreductase; BCR: class II benzoyl-CoA reductase; AH: acetylene
hydratase; FDH: formate dehydrogenase; FWD: tungsten-containing formylmethanofuran
dehydrogenase; TSR: thiosulfate reductase; DMSOR: dimethyl sulfoxide reductase; NAR:
membrane-bound nitrate reductase; NAP: periplasmic nitrate reductase.

2. Affiliation of Tungsten Enzymes in the AOR and DMSOR Enzyme Families

The presence of Wco is restricted to members of a few clades of the DMSOR and AOR enzyme
families. The biochemically characterized tungstoenzymes of the AOR family are affiliated to five
clades of AORs (AOR, FOR, GAPOR, GOR, and WOR5) and one clade of the active site subunit BamB
of class II benzoyl-CoA reductases (Figure 3A). In addition, the enzyme family contains one clade of
archaeal enzymes and two of bacterial enzymes, whose biological functions are yet unknown (WOR4,
YdhV and AOR1). Enzymes of the YdhV clade are unique in containing Moco instead of Wco, whereas
WOR4 has been identified as a Wco-containing protein. The metal content of the enzymes of the AOR1
clade is unknown, since these have been only identified from genome sequences and not on the protein
level. AORs of the XO family [13,14] are solely Moco-dependent and therefore not further discussed in
this review.

The DMSOR family is subdivided into three subfamilies and several additional clades, and the
tungstoenzymes of this family are affiliated to at least eight clades, which mostly contain either Moco-
or Wco-dependent members (in case of formate or formylmethanofuran dehydrogenases, and nitrate-,
DMSO-, or thiosulfate reductases [15]). Only the acetylene hydratase clade seems to be predominantly
W-dependent, but this is based on only a single biochemically characterized enzyme, and it is unknown
whether all these enzymes or closely related clades share the same metal preference (Figure 3B).
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Figure 3. Phylogenetic trees of the large subunits of selected enzymes of the AOR family (A) and
the DMSOR family (B). Clades or subclades containing tungsten enzymes are labeled in light-orange
(bacteria), dark-orange (archaea) or violet (enzymes working with either tungsten or molybdenum,
for better visualization additionally marked with a violet dot), and those containing molybdenum
enzymes are labeled in light- or dark-blue (bacterial and archaeal enzymes, respectively). Enzyme
clades of unknown metal content are not colored. Members of the DMSOR subfamilies 1–3 are
highlighted by the outer circle as indicated. Species epithets for unaffiliated AORs: Pa: Pyrobaculum
aerophilum; Dg: Desulfovibrio gigas; Cf: Clostridium formicoaceticum. Abbreviations: AOR, FOR, GAPOR,
WOR5: archaeal aldehyde oxidoreductases of various specificities (for details see text); BamB: active
site subunit of class II benzoyl-CoA reductases; WOR4, YdhV, AOR1: archaeal or bacterial Mo- or
W-containing enzymes of unknown function; GOR: glyceraldehyde-3-phosphate oxidoreductases from
thermophilic bacteria; FDH: formate dehydrogenases; NAP/NAS: periplasmic and assimilatory nitrate
reductases; FMD/FWD: molybdenum- and tungsten-dependent formylmethanofuran dehydrogenases;
AH-like: acetylene hydratases and similar hypothetical enzymes; TSR/PSR: thiosulfate/polysulfide
reductases; PAD: phenylacetyl-CoA dehydrogenases; ARR, ARS: arsenate reductases/arsenite oxidases;
DMSOR: dimethyl sulfoxide reductases; TMAOR: trimethylaminoxide reductases; NAR/anammox:
chemolithotrophic nitrite oxidoreductases and putative nitrate reductases from anammox bacteria;
NAR-6: nitrate reductases and similar clades; CLR/SER: chlorate/selenate reductases and dimethyl
sulfide dehydrogenases; EBDH: ethylbenzene dehydrogenases and related enzymes.

3. Obligately W-Containing Enzymes

3.1. Aldehyde Oxidoreductases

Most known clades of obligately tungsten-dependent enzymes show activities as aldehyde
oxidoreductases (Figure 2). Four of the five enzymes of the AOR family encoded in the genome
of the archaeon Pyrococcus furiosus have been characterized as hyperthermophilic and extremely
O2-sensitive aldehyde oxidoreductases of various specificities. Together with the tungsten-dependent
oxidoreductase WOR4, which was shown to contain Wco and a [3Fe-4S] cluster, but did not show any
detectable activity [16], these enzymes define five separate phylogenetic clades of the AOR enzyme
family (Figure 3A), namely the subfamilies of archaeal AOR, formaldehyde oxidoreductase (FOR),
glyceraldehyde-3-phosphate oxidoreductases (GAPOR), and tungsten-dependent oxidoreductases
(WOR4 and WOR5). Attempts to replace tungsten in some of these proteins with molybdenum or
vanadium led either to proteins lacking any metal or to molybdenum-containing, inactive variants,
proving the necessity of the Wco for their activities [17,18]. Additional members of the enzyme
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family emerged recently from obligately or facultatively anaerobic bacteria, namely bacterial AOR
and GAPOR (GOR), which represent sister clades of the archaeal AOR and GAPOR, respectively
(Figure 3A).

Archaeal and bacterial AORs (sensu stricto) represent the most abundant and best-studied clades
exhibiting aldehyde oxidoreductase activity. Both contain a subunit of a similar size harboring the
W-bis-MPT cofactor with an additional Mg2+ ion bridging the phosphate groups of the two cofactors,
as well as an additional [4Fe-4S] cluster [19–21] (Figure 4). The archaeal AORs, as well as some AORs
from strictly anaerobic bacteria, occur as homodimers with a bridging iron atom [20], and utilize
ferredoxin as a physiological electron acceptor. In contrast, AORs from Aromatoleum aromaticum
and other facultatively anaerobic denitrifying bacteria, as well as from the strictly anaerobic
Moorella thermoacetica, consist of three different subunits in an α2β2γ2 composition. The additional
electron-transferring small subunit with four [4Fe-4S] clusters and the medium-size FAD-containing
subunit allows for the use of a broader electron acceptor range, including NAD+ [21]. All characterized
enzymes of the archaeal or bacterial AOR clades oxidize a variety of aldehydes to their respective
carboxylic acids. Their main physiological function was proposed to be the detoxification of aldehydes
that accumulate in different metabolic pathways. Though known for decades, there is still little
knowledge of the reaction mechanisms of AORs and the internal electron transfer events involved,
largely because of the difficult genetic accessibility of the respective host organisms. Remarkably, AORs
also catalyze the reverse reaction, namely the reduction of non-activated acids to the corresponding
aldehydes at E◦’ ≈ −560 mV, albeit at a rate lower than 1% compared to those of aldehyde oxidation.
This property is reflected in the alternative name “carbonic acid reductase” (CAR) for the enzyme from
M. thermoacetica. By utilizing this property, the metabolism of fermentative archaea has been artificially
shifted from the production of acetic acid to ethanol. In spite of the very low observed reverse in vitro
activities of AORs, the reaction seems to work well in whole-cell systems [22]. A similar potential of
AORs in the biotechnologically interesting utilization of syngas as a substrate for acetogenic bacteria
has been suggested [22,23].

Figure 4. Structure of formaldehyde:ferredoxin oxidoreductase from P. furiosus, in complex with
glutarate (pdb 1B4N) at 2.4 Å solution. Left panel: overall structure; right panel W-bis-MPT and
[4Fe-4S] cofactor. The tungsten atom is depicted in blue, Mg2+ is shown in light green, and Ca2+ in
dark green.

FORs are known from various hyperthermophilic archaea and account together with AOR and
GAPOR for the most abundant tungstoenzymes in these organisms. Unlike other AORs, FORs show
only low specific activities with short chain aldehydes. They turn over formaldehyde with reasonable
rates but show very high Km-values for almost all substrates. A possible exception is glutardialdehyde
with the lowest Km-value of the tested substrates, but the data available do not allow to propose a
rational physiological function of FOR [24]. The X-ray structure of the FOR for P. furiosus confirms
its composition as a homotetramer without a bridging iron atom, as in AORs (Figure 4). Instead,
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FOR contains an additional Ca2+ ion ligated to one of the MPT cofactors, which is attributed to a
structural function. The binding of W-bis-MPT and the [4Fe-4S] cluster is highly similar in AOR and
FOR, and the FOR structure with a bound glutarate as a substrate mimic led to the speculation that
diacid semialdehydes may serve as potential physiological substrates [25].

Two further clades comprise GAPOR from archaea and GOR from bacteria, which are involved
in glucose metabolism via a modified glycolytic pathway. They specifically couple the oxidation of
glyceraldehyde-3-phosphate to 3-phosphoglycerate without 1,3-bisphosphoglycerate as an intermediate
to the reduction of ferredoxin. GAPORs are monomeric enzymes containing Zn2+ as an additional
metal [26,27].

Finally, two further clades of tungsten-containing AOR family members of unknown physiological
relevance are represented by WOR4 and WOR5 from P. furiosus. The former showed no
aldehyde-oxidizing activity with any substrate. Furthermore, it is the only enzyme of the family
containing a [3Fe-4S] cluster, consistent with the loss of one of the cysteine ligands [16], the latter was
found to oxidize a similar aldehyde as AOR [28]. Orthologous genes putatively encoding AOR-like
enzymes are found in many hyperthermophilic archaea and anaerobic bacteria, and some of them
have been biochemically characterized, such as AORs and FORs from Thermococcus litoralis, AORs
from T. paralvinellae, Clostridium formicoaceticum, Eubacterium acidaminophilum, Desulfovibrio gigas,
Methanobacterium thermoautotrophicum, and GAPOR from Pyrobaculum aerophilum [7,29–31].

3.2. Class II Benzoyl-CoA Reductases

Benzoyl-CoA-reductases (BCRs) are key enzymes for aromatic compound degradation in
anaerobic prokaryotes [32–35]. They catalyze the reduction of the central intermediate benzoyl-CoA
to cyclohexa-1,5-diene-1-carboxyl-CoA (dienoyl-CoA) at a redox potential of E’◦ = −622 mV [36].
Two phylogenetically unrelated classes of BCRs have been identified that both catalyze the same reaction.
Class I BCRs are present in facultative anaerobes such as the denitrifying bacterium Thauera aromatica [37].
They employ [4Fe-4S] clusters as the only cofactors and use reduced ferredoxin as an electron donor.
Class I BCRs couple the thermodynamically unfavorable reduction of benzoyl-CoA to the stoichiometric
hydrolysis of ATP. Obligately anaerobic bacteria employ an ATP-independent, Wco-containing one
megadalton class II BCR complex [38]. Class II BCRs have been purified from the Fe(III)-respiring
Geobacter metallireducens [39] and the sulfate-respiring Desulfosarcina cetonica [40], both are composed
of eight subunits (Bam[(BC)2DEFGHI]2, Bam = benzoic acid metabolism). With four W-bis-MPTs,
four Zn, >50 Fe-S clusters, four selenocysteines, and six FADs, class II BCRs represent one of the most
complex metalloenzyme machineries known (Figure 5). BamB harbors the Wco-binding active site
subunit and can be purified along with the electron transferring BamC subunit [41]. The remaining
BamDEFGHI subunits are proposed to be involved in the endergonic electron transfer to Wco, driven
by a flavin-based electron bifurcation [39]. In this process, the endergonic electron transfer from a
donor to a low-potential acceptor, here benzoyl-CoA, is driven by the exergonic reduction of a second
high-potential acceptor using the same donor [42]. The anticipated high-potential acceptor(s) of class II
BCRs are still unclear, but recent studies suggest that class II BCRs transfer electrons to menaquinone,
as evident from the membrane-association of the complex from G. metallireducens [39].
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Figure 5. Scheme of the class II BCR-complex from G. metallireducens. The endergonic electron transfer
from reduced ferredoxin to benzoyl-CoA may be driven by an exergonic reduction of NAD+ and/or
menaquinone (MQ).

The BamB subunit belongs to the AOR enzyme family and contains Wco, Zn2+ and a [4Fe-4S]
cluster as cofactors. Bioinformatic analyses suggest that all strictly anaerobic bacteria employ a
tungsten-containing BamB for benzoyl-CoA reductions during growth with aromatic substrates [34].
Initial studies with Desulfococcus multivorans [43] and G. metallireducens [38] indicated that growth
with aromatics depends on molybdenum and selenium, however, the isolated Bam(BC)2 contained
stoichiometric amounts of tungsten, whereas molybdenum was virtually absent [41]. This finding
suggests that traces of tungstate in the molybdate stock solution were sufficient to produce an active,
Wco-containing class II BCR. A TupABC transporter is induced during growth with aromatics that
guarantees selective tungstate uptake from the medium [44].

The 1.9 Å resolution X-ray structure of Bam(BC)2 crystals revealed that Wco is accommodated in a
highly hydrophobic pocket where it is coordinated by four dithiolene sulfurs of W-bis-MPT, a thiolate
of a conserved cysteine (Cys322) and a sixth non-proteinogenic ligand [45] (Figure 6). Its identity could
so far not be resolved unambiguously by spectroscopic methods, whereas computational studies favor
a water ligand [46,47]. Neither the substrate nor the product are directly bound to tungsten. The spatial
separation of the potential proton donor His260 and the W-atom with the aromatic ring positioned
in-between provides the molecular basis for the anticipated biological Birch reduction of aromatic
rings [48]. Continuum electrostatic and quantum-mechanical/molecular mechanics calculations suggest
that benzoyl-CoA reductions are initiated by a hydrogen atom transfer from a W(IV) species via bound
water yielding a W(V)-(OH−) species and a substrate radical intermediate [46,47]. These studies also
suggested that the second electron derives from the pyranopterin cofactor, rather than from W(V).
Proton transfers from an invariant histidine (His260) likely assist this step. A BamB catalysis is one of
the rare examples of an MPT-dependent enzyme that does not involve an oxo- or hydroxyl-transfer.
The unusual properties of class II BCRs among MPT-enzymes may be explained by the extremely low
redox potential of the substrate/product couple that affords a radical biochemistry.
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Figure 6. Structure of the BamBC components of class II benzoyl-CoA reductase from G. metallireducens
(pdb 4Z3W-Z). Left panel: overall structure; the catalytic BamB subunit depicted in red contains
the W-bis-MPT cofactor, BamC (light green) contains 3 [4Fe-4S] clusters. Right panel: W-bis-MPT,
[4Fe-4S] cluster and the substrate benzoyl-CoA. Tungsten (blue) is coordinated by five thiols (four from
the dithiolenes and one from Cys322), and by an inorganic ligand (magenta). A Mg2+ bridging the
phosphate groups of the two MPTs is shown in green.

The Birch reduction of aromatic rings is widely used in synthetic chemistry for many
applications [49]. Due to its negative attributes, such as its dependence on alkali metals, and ammonia
and cryogenic reaction conditions, alternative procedures are being studied such as the use of photo- [50]
and electrocatalytic [51] methodologies. In this light, biocatalytic BCRs may be attractive for future
Birch reduction applications under mild and environmentally friendly conditions.

3.3. Acetylene Hydratases

Anaerobic acetylene degradation by Pelobacter acetylenicus [52] is initiated by the hydration and
tautomerization to acetaldehyde, catalyzed by acetylene hydratase (AH). So far, only the enzyme
from P. acetylenicus has been isolated and studied, and a high resolution crystal structure is available
(Figure 7) [53–56]. The oxygen-sensitive enzyme belongs to the DMSOR enzyme family and contains
a W-bis-MGD and a [4Fe-4S] cluster [53]. When AH was isolated from P. acetylenicus grown under
tungsten-depletion (2 nm) and a 1000-fold excess of molybdate, a molybdenum-containing variant
of AH was identified (45–50% metal occupation) that converted acetylene at 10% of the rate of
the Wco-containing enzyme [57]. Because of these highly unphysiological expression conditions,
we consider AH here as an obligately tungsten-containing enzyme, but further research on the viability
of Mo-containing AH variants and their occurrence is required. Almost all studies were carried out
with Wco-containing AH.

AH is unique among all Moco/Wco enzymes in terms of catalyzing a non-redox reaction, and
it is the only known enzyme that acts on acetylene as a physiological substrate. Notably, acetylene
inhibits many key enzymes of anaerobic metabolism, with the exception of nitrogenase, which reduces
acetylene to ethylene [58,59]. AH itself is inhibited by acetylene analogues such as cyanide, carbon
monoxide, nitrous oxide or substituted acetylenes [53,54]. Though the reaction catalyzed by AH
is redox neutral, AH requires a strong reductant like titanium(III)-citrate or sodium dithionite to
be catalytically active in vitro [53,56]. The mandatory reductive activation of AH is assigned to the
reduction of Wco to the W(IV) state, though the exact redox potential of the Wco is unknown [53,55].
An intact [4Fe-4S] cluster appears to be dispensable for catalysis [56] as supported by the observation
that degradation to a [3Fe-4S] cluster did not affect AH activity [53].
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Figure 7. Structure of acetylene hydratase from P. acetylenicus (pdb 2E7Z) at 1.26 Å resolution. Left panel:
overall structure. Right panel: W-bis-MGD and [4Fe-4S] cofactors. Tungsten is coordinated by five
thiols (four from the dithiolenes and one from Cys141), and by a water molecule. The tungsten atom is
depicted in blue.

The mechanism of AH has been subject to many discussions, and two types of mechanistic scenarios
were suggested with different roles for the catalytically active W(IV): (i) a first-shell mechanism,
where tungsten coordinates acetylene and primes the substrate for a nucleophilic attack by water
(or hydroxide), and (ii) a second-shell mechanism that relies on the polarization of tungsten-bound water,
followed by an electrophilic attack on the C≡C bond of acetylene [55]. The second-shell mechanism
was favored by density-functional theory calculations based on a high resolution crystal structure,
but no spectroscopic evidence was obtained to corroborate this mechanism [55]. Based on calculations
for the active site mimics of AH, another study concluded that the direct coordination of acetylene by
tungsten was favored over the binding of water [60]. It was reported that an inorganic model complex
(NEt4)2[WIVO(mnt)2], where mnt =malonitrile, was able to catalyze the same reaction as AH, whereas
the W(VI) analogue failed [61]. While these results could not be reproduced, recent developments and
thorough characterizations of other biomimetic tungsten complexes strongly support a mechanism
of acetylene binding directly to tungsten (first-shell mechanism) [62,63]. Such a metal-acetylene
coordination is known from other organometallic molybdenum-/tungsten-complexes [64].

Acetaldehyde is an important building block for many chemicals and pharmaceuticals.
Its industrial production from acetylene is typically achieved in the presence of a mercury
catalyst-containing mercuric chloride that exhibits adverse effects on human health and the
environment [65]. Thus, enzymatic solutions for this industrial process are of potential interest.

4. Enzymes Containing Either Tungsten or Molybdenum

A number of isofunctional enzymes of the DMSOR family exist in nature that may contain
either Moco or Wco. This apparent promiscuity may be explained by an adaptation to molybdate or
tungstate enriched/depleted environments rather than to substantial differences in enzyme function.
In some organisms, sets of genes exist that specifically code either for Moco- and/or for Wco-dependent
variants of MPT-dependent enzymes. The induction of the individual gene clusters in response to
varying molybdate/tungstate concentrations has been described in some cases. The molybdenum-
or tungsten-containing variants may differ in their activity or affinity to the individual substrates.
Owing to the lower redox potential of the biologically relevant W(IV/V/VI) vs. Mo(IV/V/VI) states,
Wco-containing variants appear to be catalytically more efficient for reactions occurring at low redox
potentials and Moco for those at more positive redox potentials.
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4.1. Formate Dehydrogenases

The widely abundant tungsten- or molybdenum-dependent FDHs catalyze the reversible
conversion of formate to CO2 at E◦’ = −430 mV with various electron donors/acceptors [66–70].
Metal-dependent FDHs are involved in formate-dependent respiration, syntrophy and methanogenesis,
acetogenesis, methylotrophy or in fermentations as components of formate hydrogen lyase complexes.
Unlike most other Moco/Wco enzymes, an FDH catalysis does not involve an oxygen atom transfer
reaction. Though the reaction mechanism of FDHs is still under debate, a hydride transfer from formate
to a sulfido-ligand at Mo(VI)/W(VI) appears to be the most plausible as it circumvents the difficult
deprotonation of the Cα proton of formate [68,71–73]. Here, we briefly summarize the occurrence and
function of Wco-dependent FDHs and refer to recent in-depth reviews of the diversity, structure and
function of metal-containing FDHs [66–68].

Many FDHs depend on molybdenum, and elevated tungstate concentrations in the medium yield
inactive Mo-dependent variants as reported for FDHs from E. coli [74] or Methanobacterium formicium [75].
On the other side, a number of FDHs have been isolated with a clear preference for tungsten
over molybdenum, whereas only a few FDHs appear to be active with either of the two metals.
Wco-containing FDHs are affiliated to two enzyme clades, the membrane-bound FDH-N-like enzymes
and the soluble or membrane-associated FDH-H-like enzymes, whose active sites are oriented
towards the periplasm or the cytoplasm, respectively. Cytoplasmic Wco-containing FDHs have
initially been described in a number of acetogenic clostridia such as Moorella thermoaceticum [76],
Clostridium formicoaceticum [77] or C. carboxidivorans [78], where they catalyze the NAD(P)H-
dependent reduction of CO2. A tungsten-containing FDH of Peptoclostridium (formerly Eubacterium)
acidaminophilum serves either as an electron donor system for amino acid fermentations or as
component of a formate hydrogen lyase complex [79]. A tungsten-dependent FDH of this clade
is also involved in the oxidation of reduced C1 compounds to CO2 with dioxygen as an electron
acceptor in the aerobic methylotrophic Methylobacterium extorquens [80]. This finding indicates that
the use of Wco is not restricted to anaerobic organisms. Two tungsten-specific FDHs, an FDH-H
and a FDH-N type enzyme, were reported from Syntrophobacter fumaroxidans during syntrophic
propionate fermentations, where they play a role in electron transfers to the methanogenic partner [81].
Further Wco-containing FDHs of the FDH-N clade are known from Desulfovibrio species and other
sulfate reducing bacteria [82–85]. One of these species, D. alaskensis, is known to incorporate either
Moco or Wco into the same FDH, depending on the tungstate and molybdate concentrations in the
medium [83,85]. In contrast, D. vulgaris Hildenborough produces a specific Moco-dependent FDH
during growth with molybdate and an FDH active with either metal during growth with tungstate [84].
A similar case of an active FDH-N type enzyme with either Moco or Wco in differently grown cells
was reported for Campylobacter jejuni [86], which contains only one set of FDH encoding genes.

Biocatalysts that sequester CO2 are of increasing general interest. In this light, FDHs that
reduce CO2 to formate as a viable energy source are of a potential biotechnological use. A tungsten-
containing FDH has been adsorbed to an electrode and successfully used for electrocatalytical CO2

reduction [87]. Furthermore, an enzyme complex of FDH and hydrogenase (formate hydrogen lyase)
reversibly interconverts H2 + CO2 to formate demonstrating that formate may be used as an energy
storage/transport compound [88,89]. Finally, the solar-driven CO2 reduction by FDHs in combination
with artificial and/or biological photosystems has been demonstrated [90,91].

4.2. Formylmethanofuran Dehydrogenases

Formylmethanofuran dehydrogenase catalyzes the first step of methanogenesis that is related to
the reaction catalyzed by FDHs: the reduction of CO2 yielding formate is bound in an activated form
at the methanofuran cofactor [69]. Methanogens have been found to contain isoenzymes being either
specific for tungsten or molybdenum [92,93]. The genome of Methanososarcina acetivorans encodes four
putative formylmethanofuran dehydrogenases. Two of these are proposed to be specific for tungsten
or molybdenum, respectively, with one of the tungsten-dependent isoenzymes being specifically
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required for growth with carbon monoxide [94]. The crystal structure of the tungsten-containing
formylmethanofuran dehydrogenase from Methanothermobacter wolfei revealed that the enzyme harbors
two active sites being separated by a 43 Å tunnel which allows the directed diffusion of the formate from
the first active site (the Wco center) to the second one, the formylmethanofuran forming center [95].

4.3. Respiratory Nitrate Reductases

Two versions of respiratory nitrate reductases belong to the DMSOR enzyme family: the membrane
bound enzymes (NarGHI) and the periplasmic ones (NAP). The active site subunit of the former, NarG,
is largely conserved among all nitrate-respiring bacteria and archaea and usually contains Moco in
the active site subunit. Tungstate usually acts as an inhibitor of the assembly of Moco into NarG,
NAP or other respiratory Moco-containing enzymes [8,74]. However, Paracoccus pantotrophus is able to
grow under denitrifying conditions in the presence of 100 μm tungstate, and indirect evidence was
obtained that tungsten was incorporated into its periplasmic nitrate reductase NAP [96]. Furthermore,
the nitrate-respiring, hyperthermophilic archaea Pyrobaculum aerophilum and Aeropyrum pernix grow
at temperatures and environments where tungstate is enriched and molybdate is depleted. Under
these special growth conditions, a tungsten-containing NarGHI-type enzyme was isolated from of
P. aerophilum with a two-fold lower turnover number than the Mo-containing enzyme [97].

4.4. Dimethyl Sulfoxide and Trimethylamine N-Oxide Reductases

DMSOR and trimethylaminoxide reductase (TMAOR) are both required to use DMSO or TMAO
as terminal electron acceptors in oxygen-independent respiratory chains. In the DMSOR from
Rhodobacter capsulatus and R. sphaeroides, the Mo bound to the bis-Mo-MGD cofactor was substituted
with tungsten, and the resulting Wco-containing enzyme reduced DMSO even at a higher rate, but was
inactive in terms of catalyzing the reverse dimethyl sulfide oxidation [15,98]. This finding is rationalized
by the generally lower redox potential of Wco in comparison to Moco [99]. Likewise, TMAOR from
E. coli was also active when molybdenum was substituted by tungsten even with a slightly increased
catalytic efficiency [100].

4.5. Thiosulfate Reductases

A recent report shows that a thiosulfate reductase (TSR) of the DMSOR family is involved in
thiosulfate respiration in the archaeon P. aerophilum. The enzyme was recombinantly produced
in P. furiosus and contained either Mo or W, dependent on the growth conditions [101].
The molybdenum-containing enzyme showed a ten-fold higher conversion rate and a twice as
high affinity to thiosulfate than the tungsten-containing one. This study represents the first case of
producing an active Moco- or Wco-containing enzyme in P. furiosus.

5. Tungsten Uptake and Assembly of the Wco

5.1. Tungsten Uptake

Tungsten is taken up by prokaryotes in form of the tungstate oxyanion (WO4
2−) by three

high-affinity ATP-binding cassette (ABC)-type systems: the highly tungstate-specific TupABC system,
and the ModABC/WtpABC systems that transport either tungstate or molybdate [102]. They all
consist of a periplasmic binding protein (component A), a transmembrane channel (component B),
and an ATPase subunit (component C). The ModABC system with similar affinities to molybdate and
tungstate in the low to high nM range is highly abundant in bacteria and archaea and allows for the
specific transport of molybdate and tungstate even in the presence of high concentrations of similar
other oxyanions (e.g., 28 mm sulfate in marine environments). The WtpABC transporter is present in
archaea that lack TupABC or ModABC systems, such as P. furiosus, and is rather distantly related to
these uptake systems. The binding protein WtpA shows by far the highest affinity for tungstate with
Kd = 19 pm [103]. The TupABC system has originally been studied in P. acidaminophilum [104,105],
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and later in C. jejuni [106,107] and D. alaskensis [108,109]. The encoding TupABC genes are widely
abundant in bacterial and archaeal genomes [110]. The structural basis by which TupA discriminates
between tungstate and molybdate, considering their highly similar atomic radii, is still unknown.

5.2. Metallopterin Cofactor Synthesis

Most knowledge of MPT biosynthesis derives from research on Moco (for initial and recent reviews
on Moco synthesis see [4,5,111–113]). As almost all genes required for Moco synthesis are present in
the genomes of prokaryotes that synthesize Wco-dependent enzymes, it is generally accepted that MPT
synthesis is catalyzed by similar enzymes and identical intermediates [114]. In contrast, very little is
known about the steps that discriminate between molybdenum and tungsten during the insertion of
the metals into MPT. Here, we first briefly summarize knowledge of Moco synthesis in the prokaryotic
model organism E. coli, followed by the presentation of initial insights and hypotheses about Wco
synthesis. There, we will address the special challenges of simultaneously synthesizing Moco- and
Wco-dependent enzymes.

Moco biosynthesis proceeds via a four-step process: (i) conversion of guanosine-5′-triphosphate
(GTP) to the four-ringed cyclic intermediate pyranopterin monophosphate (cPMP), (ii) introduction
of the two thiols of the dithiolene group, (iii) adenylation to MPT-adenosine monophosphate (AMP),
and (iv) metal insertion and release of AMP; the latter two steps are often merged as a single one
(Figure 8) [4,5,111,113]. The formation of cPMP (or “precursor Z”) from GTP occurs in two steps
involving complex molecule rearrangements. The radical S-adenosylmethionine (SAM) enzyme MoaA
catalyzes an initial remodeling of the carbon backbone of GTP and afterwards, MoaC completes
the synthesis of cPMP with the concomitant release of the pyrophosphate moiety of the original
GTP [115,116].

In the second step, two sulfur atoms are inserted into cPMP at the C1′ and C2′ position, resulting
in MPT formation. This step is catalyzed by MoaD and MoaE, which form a heterotetrameric complex,
also referred to as MPT synthase. Two MoaEs bind one cPMP each, while MoaD transfers one
sulfur atom at a time from a thiocarboxylate group on its conserved C-terminal glycine residue,
producing a hemisulfurated intermediate in the process [117–120]. MoaD itself receives its thiogylcyl
modification by the sulfurylase MoeB. MoaD forms a complex with MoeB, which catalyses the Mg2+-
and ATP-dependent adenylation of the C-terminal glycine residue of MoaD. This activated MoaD is
then sulfurated by the cysteine desulfurase IscS [121,122].

In the third step, MPT is adenylated in an ATP-dependent reaction by MogA (in bacteria) or MoaB
(in archaea), yielding MPT-AMP. This activated intermediate is transferred to MoeA, where molybdate
is bound to the dithiolene sulfurs of MPT, accompanied by hydrolysis and the release of the AMP
moiety [114,123,124]. The product is referred to as Mo-MPT, which represents the Moco found in SO
family members, and which serves as a building block for the cofactors of the three other families
of MPT-containing enzymes. To generate the cofactor for the XO-family enzymes, MocA catalyzes
the cytidylation of MPT with CTP while releasing pyrophosphate. The generated MPT cytosine
dinucleotide cofactor is then further modified by the addition of an equatorial sulfido-ligand in the
active site of the enzymes [13,125]. Ligation of a molybdenum and a second MPT yields Mo-bis-MPT,
which is found in the AOR family member YdhV [126]. The Mo-bis-MGD cofactor of the DMSOR
family enzymes is synthesized by the attachment of two GMP moieties from GTP [127,128].

Wco synthesis is considered to involve similar or even the same enzymes for the steps up to metal
insertion. So far, the adenylation of MPT by MoaB in the course of Wco synthesis was shown in the
hyperthermophilic P. furiosus [114]. No other enzyme specifically involved in Wco synthesis has been
studied so far.
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Figure 8. Moco biosynthesis in E. coli. In prokaryotes, the steps from GTP to MPT-adenosine
monophosphate (AMP) are catalyzed by similar enzymes for Moco and Wco synthesis. YdhV from
E. coli is the only characterized molybdenum-containing AOR family member [126].
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5.3. Strategies for the Selective Insertion of Molybdenum/Tungsten into Target Proteins

The highly similar physicochemical properties of molybdate and tungstate immediately lead
to the question regarding which mechanism guarantees the correct transfer of both oxyanions into
their target proteins. In particular, organisms producing enzymes that are only active with either of
the two metals depend on a highly selective metal insertion system. We distinguish here between
three different scenarios: (i) organisms that exclusively produce either Wco- or Moco-dependent
enzymes, (ii) organisms that contain genes for both type of enzymes, but only produce either Moco- or
Wco-enzymes under certain conditions, and (iii) organisms that produce Moco- and Wco-dependent
enzymes simultaneously. In principle, selectivity may be achieved during molybdate/tungstate uptake,
Mo-MPT/W-MPT formation, or the insertion of the mature W-bis-MPT/bis-Mo-MPT into the respective
target proteins.

In the first scenario, the selective uptake of either molybdate or tungstate would already be
sufficient to guarantee selectivity. Specific tungstate uptake may be achieved by the periplasmic
binding protein TupA from the TupABC transporter [105], or WtpA from P. furiosus, which show
much higher affinities for tungstate vs. molybdate [103]. However, no transporter system exhibiting
a comparable selectivity for molybdate over tungstate has been described so far, which explains the
frequently observed antagonistic effect of tungstate for Moco-dependent enzymatic processes.

In the second scenario, the selective uptake may also play a role but would require at least two
selective uptake systems for either of the two metal oxyanions, which may be induced under certain
conditions. In addition, MoeAs have been proposed earlier as selectivity generating enzymes that
may be specific for either molybdate or tungstate during metal insertion into MPT-AMP [12,85,114].
This proposal was based on the finding that at least two versions of MoeA encoding genes were
identified in genomes of archaea [12] or in D. alaskensis [85]. The latter produces either Moco or Wco
containing versions of the same FDH, depending on the molybdate/tungsten concentrations in the
medium. In D. vulgaris Hildenborough, the production of Wco- or Moco-containing FDH isoenzymes
is regulated by the molybdate/tungstate availability at the transcriptional level [84]. These results
are in line with a metal-dependent induction of either tungsten- or molybdenum-specific pairs of
MoeA/apo-FDH paralogues.

Such a mechanism is not feasible when Moco- and Wco-depending enzymes have to be produced
in parallel (scenario iii). In recent years, a number of bacteria were identified that simultaneously
produce obligately Wco- and Moco-dependent enzymes, and they all contain at least two moeA
copies (Figure 9). C. jejuni produces a tungsten-containing FDH under certain growth conditions
that may be coupled with molybdenum-dependent nitrate reductase in a menaquinone-dependent
respiratory chain [86]. In A. aromaticum, a tungsten-dependent AOR and two molybdenum-dependent
enzymes, phenylacetyl-CoA dehydrogenase and nitrate reductase, are produced during growth with
phenylalanine under denitrifying conditions [21]. When G. metallireducens grows with p-cresol
or 4-hydroxybenzoate under ammonifying conditions, it produces one strictly Wco-dependent
class II benzoyl-CoA reductase [38,41], and two Moco-containing enzymes from different families:
the 4-hydroxybenzoyl-CoA reductase of the XO family [129,130] and nitrate reductase of the DMSOR
family [44]. While C. jejuni contains two paralogous moeA genes [106], even three paralogues are
found in the genomes of A. aromatoleum and G. metallireducens. In the latter bacterium, the genetic
context of the three moeA genes indicates the specificity for molybdenum or tungsten (Figure 9).
In particular, moeA-1 is located adjacent to the genes encoding the tungstate-dependent TupABC
transporter, and moeA-3 is adjacent to paralogues of the bamBC genes, which putatively code for an
isoenzyme of tungsten-dependent class II benzoyl-CoA reductase. Thus, it is tempting to speculate
that moeA-1 and moeA-3 encode a tungstate-specific metal insertase. In contrast, moeA-2 is located in a
gene cluster together with genes encoding molybdenum-dependent NarGHI-type nitrate reductase.
Thus, moeA-2 likely encodes a molybdenum-specific enzyme. These findings support the idea that
the simultaneous production of Moco- and Wco-dependent enzymes is accomplished by MoeA
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isoenzymes that are selective for either molybdate or tungstate. Though this assumption appears
plausible, any experimental evidence for it is lacking.

Figure 9. Genomic location of moeA paralogues in bacteria that produce Wco- and Moco-containing
enzymes simultaneously.

Finally, the question rises as to how the Mo-MPT/W-MPT cofactors formed by specific MoeAs
are specifically processed and targeted into the individual apo-enzymes. Specific targeting excludes
that Mo-MPT/W-MPT formed are released from individual MoeAs because the modifying enzymes
that bind the Mo-MPT/W-MPT in the next step will hardly distinguish between the molybdenum- or
tungsten-containing versions. In tungstoenzymes, the metal is always bound to two pyranopterins
(bis-MPT), which affords the conversion of MoeA-bound W-MPT to W-bis-MPT in a similar manner
as the MobA-catalyzed process known for molybdenum enzymes of the DMSOR family [128]. Thus,
the reported complex formation between MoeA and MobA [131] appears to be essential for maintaining
the selectivity of the individual bis-MPT intermediates formed. It is conceivable that individual
MoeA/MobA complexes specifically interact with the respective apo-enzymes either before or after the
GTP-dependent W-bis-MGD formation, including further modifying enzymes such as FdhD. The latter
is involved in sulfuration of the Mo-/W-bis-MPT of FDHs and in its insertion into apo-FDHs [132–134].
MoeAs, specific for either tungsten or molybdenum, may enable or disable such additional interactions.
Finally, the formation of supercomplexes between all the components involved in the conversion of the
last common MPT-AMP intermediate to the mature cofactors inserted in individual target proteins
could substantially facilitate selective Moco/Wco targeting.
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6. Conclusions

Recent research has revealed a higher abundance and catalytic diversity of tungstoenzymes
than previously anticipated. While tungsten was originally mostly associated with AORs from
hyperthermophilic archaea and some clostridial FDHs, a number of tungstoenzymes with novel
functions have been discovered in a large variety of microorganisms comprising fermenting,
sulfate-reducing, metal oxide-reducing, denitrifying, aerobic and pathogenic bacteria. Tungstoenzymes
are of emerging biotechnological interest due to their involvement in the low-potential reduction
processes of CO2, carboxylic acids or aromatic rings, or in the industrially important conversion of
acetylene to acetaldehyde. Thus, tungsten appears to be the bio-metal of choice for a number of
challenging enzymatic reactions. While knowledge of the structure and function of tungstoenzymes
has continuously been increasing over the past two decades, there is still a high research demand
concerning the biosynthesis and incorporation of Wco. In particular, the mechanisms that discriminate
between tungstate- and molybdate-insertion, and the selective targeting of Mo- or W-bis-MPTs to
the individual apo-proteins, are still unknown. Considering the high similarities of molybdate and
tungstate, the observed high selectivity for either of the two metals affords sophisticated molecular
solutions. Insights into the molecular basis of this selectivity will help to explain how enzymes
that strictly rely on tungsten are specifically loaded with this cofactor even in the presence of high
molybdate concentrations in the medium. They will also provide a rationale as to why whole-cells
may be inhibited by tungstate due to the antagonistic effects of tungstate and molybdate. Bacteria that
simultaneously produce tungsto- and molybdoenzymes will serve as valuable model organisms to
address the question of selectivity for tungstate vs. molybdate in the future.
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63. Vidovič, C.; Peschel, L.M.; Buchsteiner, M.; Belaj, F.; Mösch-Zanetti, N.C. Structural mimics of acetylene
hydratase: Tungsten complexes capable of intramolecular nucleophilic attack on acetylene. Chem. Eur. J.
2019, 25, 14267–14272. [CrossRef] [PubMed]

64. Templeton, J.L.; Ward, B.C.; Chen, G.J.J.; Mcdonald, J.W.; Newton, W.E. Oxotungsten(IV)-acetylene complexes:
Synthesis via intermetal oxygen atom transfer and nuclear magnetic resonance studies. Inorg. Chem. 1981,
20, 1248–1253. [CrossRef]

65. Schobert, H. Production of acetylene and acetylene-based chemicals from coal. Chem. Rev. 2014, 114,
1743–1760. [CrossRef] [PubMed]

66. Hartmann, T.; Schwanhold, N.; Leimkühler, S. Assembly and catalysis of molybdenum or tungsten-containing
formate dehydrogenases from bacteria. Biochim. Biophys. Acta Proteins Proteom. 2015, 1854, 1090–1100.
[CrossRef]

67. Maia, L.B.; Moura, J.J.G.; Moura, I. Molybdenum and tungsten-dependent formate dehydrogenases. J. Biol.
Inorg. Chem. 2015, 20, 287–309. [CrossRef]

68. Niks, D.; Hille, R. Molybdenum- and tungsten-containing formate dehydrogenases and formylmethanofuran
dehydrogenases: Structure, mechanism, and cofactor insertion. Protein Sci. 2019, 28, 111–122. [CrossRef]

69. Vorholt, J.A.; Thauer, R.K. Molybdenum and tungsten enzymes in C1 metabolism. Met. Ions Biol. Syst. 2002,
39, 571–619.

70. Moura, J.J.G.; Brondino, C.D.; Trincão, J.; Romão, M.J. Mo and W bis-MGD enzymes: Nitrate reductases and
formate dehydrogenases. J. Biol. Inorg. Chem. 2004, 9, 791–799. [CrossRef]

71. Hartmann, T.; Schrapers, P.; Utesch, T.; Nimtz, M.; Rippers, Y.; Dau, H.; Mroginski, M.A.; Haumann, M.;
Leimkühler, S. The Molybdenum Active Site of Formate Dehydrogenase Is Capable of Catalyzing C-H Bond
Cleavage and Oxygen Atom Transfer Reactions. Biochemistry 2016, 55, 2381–2389.

83



Inorganics 2020, 8, 44

72. Niks, D.; Duvvuru, J.; Escalona, M.; Hille, R. Spectroscopic and kinetic properties of the
molybdenum-containing, NAD+-dependent formate dehydrogenase from Ralstonia eutropha. J. Biol. Chem.
2016, 291, 1162–1174. [CrossRef] [PubMed]

73. Maia, L.B.; Fonseca, L.; Moura, I.; Moura, J.J.G. Reduction of carbon dioxide by a molybdenum-containing
formate dehydrogenase: A kinetic and mechanistic study. J. Am. Chem. Soc. 2016, 138, 8834–8846. [CrossRef]

74. Enoch, H.G.; Lester, R.L. Effects of molybdate, tungstate, and selenium compounds on formate dehydrogenase
and other enzyme systems in Escherichia coli. J. Bacteriol. 1972, 110, 1032–1040. [CrossRef] [PubMed]

75. May, H.D.; Patel, P.S.; Ferry, J.G. Effect of molybdenum and tungsten on synthesis and composition of formate
dehydrogenase in Methanobacterium formicicum. J. Bacteriol. 1988, 170, 3384–3389. [CrossRef]

76. Ljungdahl, L.G.; Andreesen, J.R. Formate Dehydrogenase, a selenium-tungsten enzyme from Clostridium
thermoaceticum. Methods Enzymol. 1978, 53, 360–372.

77. Strobl, G.; Feicht, R.; White, H.; Lottspeich, F.; Simon, H. The tungsten-containing aldehyde oxidoreductase
from Clostridium thermoaceticum and its complex with a viologen-accepting NADPH oxidoreductase.
Biol. Chem. Hoppe. Seyler 1992, 373, 123–132. [CrossRef] [PubMed]

78. Alissandratos, A.; Kim, H.K.; Matthews, H.; Hennessy, J.E.; Philbrook, A.; Easton, C.J. Clostridium
carboxidivorans strain P7T recombinant formate dehydrogenase catalyzes reduction of CO2 to formate.
Appl. Environ. Microbiol. 2013, 79, 741–744. [CrossRef]

79. Graentzdoerffer, A.; Rauh, D.; Pich, A.; Andreesen, J.R. Molecular and biochemical characterization of
two tungsten-and selenium-containing formate dehydrogenases from Eubacterium acidaminophilum that are
associated with components of an iron-only hydrogenase. Arch. Microbiol. 2003, 179, 116–130. [CrossRef]

80. Laukel, M.; Chistoserdova, L.; Lidstrom, M.E.; Vorholt, J.A. The tungsten-containing formate dehydrogenase
from Methylobacterium extorquens AM1: Purification and properties. Eur. J. Biochem. 2003, 270, 325–333.
[CrossRef]

81. De Bok, F.A.M.; Hagedoorn, P.L.; Silva, P.J.; Hagen, W.R.; Schiltz, E.; Fritsche, K.; Stams, A.J.M.
Two W-containing formate dehydrogenases (CO2-reductases) involved in syntrophic propionate oxidation
by Syntrophobacter fumaroxidans. Eur. J. Biochem. 2003, 270, 2476–2485. [CrossRef]

82. Almendra, M.J.; Brondino, C.D.; Gavel, O.; Pereira, A.S.; Tavares, P.; Bursakov, S.; Duarte, R.; Caldeira, J.;
Moura, J.J.G.; Moura, I. Purification and characterization of a tungsten-containing formate dehydrogenase
from Desulfovibrio gigas. Biochemistry 1999, 38, 16366–16372. [CrossRef] [PubMed]

83. Brondino, C.D.; Passeggi, M.C.G.; Caldeira, J.; Almendra, M.J.; Feio, M.J.; Moura, J.J.G.; Moura, I. Incorporation
of either molybdenum or tungsten into formate dehydrogenase from Desulfovibrio alaskensis NCIMB 13491;
EPR assignment of the proximal iron-sulfur cluster to the pterin cofactor in formate dehydrogenases from
sulfate-reducing bacteria. J. Biol. Inorg. Chem. 2004, 9, 145–151. [CrossRef] [PubMed]

84. da Silva, S.M.; Pimentel, C.; Valente, F.M.A.; Rodrigues-Pousada, C.; Pereira, I.A.C. Tungsten and molybdenum
regulation of formate dehydrogenase expression in Desulfovibrio vulgaris Hildenborough. J. Bacteriol. 2011,
193, 2909–2916. [CrossRef] [PubMed]

85. Mota, C.S.; Valette, O.; González, P.J.; Brondino, C.D.; Moura, J.J.G.; Moura, I.; Dolla, A.; Rivas, M.G. Effects
of molybdate and tungstate on expression levels and biochemical characteristics of formate dehydrogenases
produced by Desulfovibrio alaskensis NCIMB 13491. J. Bacteriol. 2011, 193, 2917–2923. [CrossRef]

86. Taylor, A.J.; Kelly, D.J. The function, biogenesis and regulation of the electron transport chains in Campylobacter
jejuni: New insights into the bioenergetics of a major food-borne pathogen. Adv. Microb. Physiol. 2019, 74,
239–329.

87. Reda, T.; Plugge, C.M.; Abram, N.J.; Hirst, J. Reversible interconversion of carbon dioxide and formate by an
electroactive enzyme. Proc. Natl. Acad. Sci. USA 2008, 105, 10654–10658. [CrossRef]

88. Schuchmann, K.; Müller, V. Direct and reversible hydrogenation of CO2 to formate by a bacterial carbon
dioxide reductase. Science 2013, 342, 1382–1385. [CrossRef]

89. Sokol, K.P.; Robinson, W.E.; Oliveira, A.R.; Zacarias, S.; Lee, C.Y.; Madden, C.; Bassegoda, A.; Hirst, J.;
Pereira, I.A.C.; Reisner, E. Reversible and selective interconversion of hydrogen and carbon dioxide into
formate by a semiartificial formate hydrogenlyase mimic. J. Am. Chem. Soc. 2019, 141, 17498–17502.
[CrossRef]

90. Sokol, K.P.; Robinson, W.E.; Oliveira, A.R.; Warnan, J.; Nowaczyk, M.M.; Ruff, A.; Pereira, I.A.C.; Reisner, E.
Photoreduction of CO2 with a formate dehydrogenase driven by photosystem ii using a semi-artificial
z-scheme architecture. J. Am. Chem. Soc. 2018, 140, 16418–16422. [CrossRef]

84



Inorganics 2020, 8, 44

91. Miller, M.; Robinson, W.E.; Oliveira, A.R.; Heidary, N.; Kornienko, N.; Warnan, J.; Pereira, I.A.C.; Reisner, E.
Interfacing formate dehydrogenase with metal oxides for the reversible electrocatalysis and solar-driven
reduction of carbon dioxide. Angew. Chemie. Int. Ed. 2019, 58, 4601–4605. [CrossRef]

92. Hochheimer, A.; Hedderich, R.; Thauer, R.K. The formylmethanofuran dehydrogenase isoenzymes in
Methanobacterium wolfei and Methanobacterium thermoautotrophicum: Induction of the molybdenum isoenzyme
by molybdate and constitutive synthesis of the tungsten isoenzyme. Arch. Microbiol. 1998, 170, 389–393.
[CrossRef] [PubMed]

93. Bertram, P.A.; Schmitz, R.A.; Linder, D.; Thauer, R.K. Tungstate can substitute for molybdate in sustaining
growth of Methanobacterium thermoautotrophicum—Identification and characterization of a tungsten isoenzyme
of formylmethanofuran dehydrogenase. Arch. Microbiol. 1994, 161, 220–228. [CrossRef] [PubMed]

94. Matschiavelli, N.; Rother, M. Role of a putative tungsten-dependent formylmethanofuran dehydrogenase in
Methanosarcina acetivorans. Arch. Microbiol. 2015, 197, 379–388. [CrossRef] [PubMed]

95. Wagner, T.; Ermler, U.; Shima, S. The methanogenic CO2 reducing-and-fixing enzyme is bifunctional and
contains 46 [4Fe-4S] clusters. Science 2016, 354, 114–117. [CrossRef] [PubMed]

96. Gates, A.J.; Hughes, R.O.; Sharp, S.R.; Millington, P.D.; Nilavongse, A.; Cole, J.A.; Leach, E.R.; Jepson, B.;
Richardson, D.J.; Butler, C.S. Properties of the periplasmic nitrate reductases from Paracoccus pantotrophus
and Escherichia coli after growth in tungsten-supplemented media. FEMS Microbiol. Lett. 2003, 220, 261–269.
[CrossRef]

97. De Vries, S.; Momcilovic, M.; Strampraad, M.J.F.; Whitelegge, J.P.; Baghai, A.; Schröder, I. Adaptation
to a high-tungsten environment: Pyrobaculum aerophilum contains an active tungsten nitrate reductase.
Biochemistry 2010, 49, 9911–9921.

98. Stewart, L.J.; Bailey, S.; Bennett, B.; Charnock, J.M.; Garner, C.D.; McAlpine, A.S. Dimethylsulfoxide reductase:
An enzyme capable of catalysis with either molybdenum or tungsten at the active site. J. Mol. Biol. 2000, 299,
593–600. [CrossRef]

99. Johnson, M.K.; Rees, D.C.; Adams, M.W.W. Tungstoenzymes. Chem. Rev. 1996, 96, 2817–2839. [CrossRef]
100. Buc, J.; Santini, C.-L.; Giordani, R.; Czjzek, M.; Wu, L.-F.; Giordano, G. Enzymatic and physiological properties

of the tungsten-substituted molybdenum TMAO reductase from Escherichia coli. Mol. Microbiol. 1999, 32,
159–168. [CrossRef]

101. Haja, D.K.; Wu, C.H.; Poole, F.L.; Sugar, J.; Williams, S.G.; Jones, A.K.; Adams, M.W.W. Characterization
of thiosulfate reductase from Pyrobaculum aerophilum heterologously produced in Pyrococcus furiosus.
Extremophiles 2020, 24, 53–62. [CrossRef]

102. Aguilar-Barajas, E.; Díaz-Pérez, C.; Ramírez-Díaz, M.I.; Riveros-Rosas, H.; Cervantes, C. Bacterial transport
of sulfate, molybdate, and related oxyanions. BioMetals 2011, 24, 687–707. [CrossRef]

103. Bevers, L.E.; Hagedoorn, P.L.; Krijger, G.C.; Hagen, W.R. Tungsten transport protein A (WtpA) in Pyrococcus
furiosus: The first member of a new class of tungstate and molybdate transporters. J. Bacteriol. 2006, 188,
6498–6505. [CrossRef]

104. Makdessi, K.; Fritsche, K.; Pich, A.; Andreesen, J.R. Identification and characterization of the cytoplasmic
tungstate/molybdate-binding protein (Mop) from Eubacterium acidaminophilum. Arch. Microbiol. 2004, 181,
45–51. [CrossRef] [PubMed]

105. Makdessi, K.; Andreesen, J.R.; Pich, A. Tungstate uptake by a highly specific ABC transporter in Eubacterium
acidaminophilum. J. Biol. Chem. 2001, 276, 24557–24564. [CrossRef] [PubMed]

106. Smart, J.P.; Cliff, M.J.; Kelly, D.J. A role for tungsten in the biology of Campylobacter jejuni: Tungstate stimulates
formate dehydrogenase activity and is transported via an ultra-high affinity ABC system distinct from the
molybdate transporter. Mol. Microbiol. 2009, 74, 742–757. [CrossRef] [PubMed]

107. Taveirne, M.E.; Sikes, M.L.; Olson, J.W. Molybdenum and tungsten in Campylobacter jejuni: Their physiological
role and identification of separate transporters regulated by a single ModE-like protein. Mol. Microbiol. 2009,
74, 758–771. [CrossRef] [PubMed]

108. Otrelo-Cardoso, A.R.; Nair, R.R.; Correia, M.A.S.; Rivas, M.G.; Santos-Silva, T. TupA: A tungstate binding
protein in the periplasm of Desulfovibrio alaskensis G20. Int. J. Mol. Sci. 2014, 15, 11783–11798. [CrossRef]

109. Otrelo-Cardoso, A.R.; Nair, R.R.; Correia, M.A.S.; Cordeiro, R.S.C.; Panjkovich, A.; Svergun, D.I.;
Santos-Silva, T.; Rivas, M.G. Highly selective tungstate transporter protein TupA from Desulfovibrio alaskensis
G20. Sci. Rep. 2017, 7, 1–12. [CrossRef] [PubMed]

85



Inorganics 2020, 8, 44

110. Zhang, Y.; Gladyshev, V.N. Molybdoproteomes and evolution of molybdenum utilization. J. Mol. Biol. 2008,
379, 881–899. [CrossRef]

111. Rajagopalan, K.V. Biosynthesis and processing of the molybdenum cofactors. Biochem. Soc. Trans. 1997, 25,
757–761. [CrossRef]

112. Leimkühler, S. Shared function and moonlighting proteins in molybdenum cofactor biosynthesis. Biol. Chem.
2017, 398, 1009–1026. [CrossRef] [PubMed]

113. Schwarz, G.; Mendel, R.R.; Ribbe, M.W. Molybdenum cofactors, enzymes and pathways. Nature 2009, 460,
839–847. [CrossRef] [PubMed]

114. Bevers, L.E.; Hagedoorn, P.L.; Santamaria-Araujo, J.A.; Magalon, A.; Hagen, W.R.; Schwarz, G. Function of
MoaB proteins in the biosynthesis of the molybdenum and tungsten cofactors. Biochemistry 2008, 47, 949–956.
[CrossRef] [PubMed]

115. Wuebbens, M.M.; Rajagopalan, K.V. Structural characterization of a molybdopterin precursor. J. Biol. Chem.
1993, 268, 13493–13498. [PubMed]

116. Hänzelmann, P.; Schindelin, H. Binding of 5′-GTP to the C-terminal FeS cluster of the radical
S-adenosylmethionine enzyme MoaA provides insights into its mechanism. Proc. Natl. Acad. Sci. USA 2006,
103, 6829–6834. [CrossRef]

117. Gutzke, G.; Fischer, B.; Mendel, R.R.; Schwarz, G. Thiocarboxylation of molybdopterin synthase provides
evidence for the mechanism of dithiolene formation in metal-binding pterins. J. Biol. Chem. 2001, 276,
36268–36274. [CrossRef]

118. Rudolph, M.J.; Wuebbens, M.M.; Rajagopalan, K.V.; Schindelin, H. Crystal structure of molybdopterin
synthase and its evolutionary relationship to ubiquitin activation. Nat. Struct. Biol. 2001, 8, 42–46. [CrossRef]

119. Wuebbens, M.M.; Rajagopalan, K.V. Mechanistic and mutational studies of Escherichia coli molybdopterin
synthase clarify the final step of molybdopterin biosynthesis. J. Biol. Chem. 2003, 278, 14523–14532. [CrossRef]

120. Pitterle, D.M.; Johnson, J.L.; Rajagopalan, K.V. In vitro synthesis of molybdopterin from precursor Z using
purified converting factor. Role of protein-bound sulfur in formation of the dithiolene. J. Biol. Chem. 1993,
268, 13506–13509.

121. Lake, M.W.; Wuebbens, M.M.; Rajagopalan, K.V.; Schindelin, H. Mechanism of ubiquitin activation revealed
by the structure of a bacterial MoeB-MoaD complex. Nature 2001, 414, 325–329. [CrossRef]

122. Leimkühler, S.; Rajagopalan, K.V. A Sulfurtransferase is required in the transfer of cysteine sulfur in the
in vitro synthesis of molybdopterin from precursor z in Escherichia coli. J. Biol. Chem. 2001, 276, 22024–22031.
[CrossRef] [PubMed]

123. Llamas, A.; Mendel, R.R.; Schwarz, G. Synthesis of adenylated molybdopterin: An essential step for
molybdenum insertion. J. Biol. Chem. 2004, 279, 55241–55246. [CrossRef] [PubMed]

124. Joshi, M.S.; Johnson, J.L.; Rajagopalan, K. V Molybdenum cofactor biosynthesis in Escherichia coli mod and
mog mutants. J. Bacteriol. 1996, 178, 4310–4312. [CrossRef] [PubMed]

125. Meyer, O.; Rajagopalan, K.V. Molybdopterin in carbon monoxide oxidase from carboxydotrophic bacteria.
J. Bacteriol. 1984, 157, 643–648. [CrossRef]

126. Reschke, S.; Duffus, B.R.; Schrapers, P.; Mebs, S.; Teutloff, C.; Dau, H.; Haumann, M.; Leimkühler, S.
Identification of YdhV as the first molybdoenzyme binding a Bis-Mo-MPT cofactor in Escherichia coli.
Biochemistry 2019, 58, 2228–2242.

127. Johnson, J.L.; Bastian, N.R.; Rajagopalan, K. V Molybdopterin guanine dinucleotide: A modified form of
molybdopterin identified in the molybdenum cofactor of dimethyl sulfoxide reductase from Rhodobacter
sphaeroides forma specialis denitrificans. Proc. Natl. Acad. Sci. USA 1990, 87, 3190–3194. [CrossRef]

128. Reschke, S.; Sigfridsson, K.G.V.; Kaufmann, P.; Leidel, N.; Horn, S.; Gast, K.; Schulzke, C.; Haumann, M.;
Leimkühler, S. Identification of a bis-molybdopterin intermediate in molybdenum cofactor biosynthesis in
Escherichia coli. J. Biol. Chem. 2013, 288, 29736–29745. [CrossRef]

129. Johannes, J.; Bluschke, A.; Jehmlich, N.; Von Bergen, M.; Boll, M. Purification and characterization of
active-site components of the putative p-cresol methylhydroxylase membrane complex from Geobacter
metallireducens. J. Bacteriol. 2008, 190, 6493–6500. [CrossRef]

130. Peters, F.; Heintz, D.; Johannes, J.; Van Dorsselaer, A.; Boll, M. Genes, enzymes, and regulation of para-cresol
metabolism in Geobacter metallireducens. J. Bacteriol. 2007, 189, 4729–4738. [CrossRef]

131. Neumann, M.; Stöcklein, W.; Leimkühler, S. Transfer of the molybdenum cofactor synthesized by Rhodobacter
capsulatus MoeA to XdhC and MobA. J. Biol. Chem. 2007, 282, 28493–28500. [CrossRef]

86



Inorganics 2020, 8, 44

132. Thomé, R.; Gust, A.; Toci, R.; Mendel, R.; Bittner, F.; Magalon, A.; Walburger, A. A sulfurtransferase is
essential for activity of formate dehydrogenases in Escherichia coli. J. Biol. Chem. 2012, 287, 4671–4678.
[CrossRef] [PubMed]

133. Arnoux, P.; Ruppelt, C.; Oudouhou, F.; Lavergne, J.; Siponen, M.I.; Toci, R.; Mendel, R.R.; Bittner, F.;
Pignol, D.; Magalon, A.; et al. Sulphur shuttling across a chaperone during molybdenum cofactor maturation.
Nat. Commun. 2015, 6, 6148. [CrossRef] [PubMed]

134. Schwanhold, N.; Iobbi-Nivol, C.; Lehmann, A.; Leimkühler, S. Same but different: Comparison of two
system-specific molecular chaperones for the maturation of formate dehydrogenases. PLoS ONE 2018, 13.
[CrossRef] [PubMed]

© 2020 by the authors. Licensee MDPI, Basel, Switzerland. This article is an open access
article distributed under the terms and conditions of the Creative Commons Attribution
(CC BY) license (http://creativecommons.org/licenses/by/4.0/).

87





inorganics

Review

Metal–Dithiolene Bonding Contributions to
Pyranopterin Molybdenum Enzyme Reactivity

Jing Yang 1, John H. Enemark 2 and Martin L. Kirk 1,*

1 Department of Chemistry and Chemical Biology, The University of New Mexico, MSC03 2060, Albuquerque,
NM 87131-0001, USA; yangjing@unm.edu

2 Department of Chemistry Biochemistry, University of Arizona, Tucson, AZ 85721, USA;
jenemark@email.arizona.edu

* Correspondence: mkirk@unm.edu; Tel.: +1-505-277-5992

Received: 2 February 2020; Accepted: 2 March 2020; Published: 5 March 2020

Abstract: Here we highlight past work on metal–dithiolene interactions and how the unique electronic
structure of the metal–dithiolene unit contributes to both the oxidative and reductive half reactions
in pyranopterin molybdenum and tungsten enzymes. The metallodithiolene electronic structures
detailed here were interrogated using multiple ground and excited state spectroscopic probes on the
enzymes and their small molecule analogs. The spectroscopic results have been interpreted in the
context of bonding and spectroscopic calculations, and the pseudo-Jahn–Teller effect. The dithiolene
is a unique ligand with respect to its redox active nature, electronic synergy with the pyranopterin
component of the molybdenum cofactor, and the ability to undergo chelate ring distortions that control
covalency, reduction potential, and reactivity in pyranopterin molybdenum and tungsten enzymes.

Keywords: metal–dithiolene; pyranopterin molybdenum enzymes; fold-angle; tungsten enzymes;
electronic structure; pseudo-Jahn–Teller effect; thione; molybdenum cofactor; Moco

1. Introduction

It is now well-established that all known molybdenum-containing enzymes [1–3], with the sole
exception of nitrogenase, contain a common pyranopterin dithiolene (PDT) (Figure 1) organic cofactor
(originally called molybdopterin (MPT)), which coordinates to the Mo center of the enzymes through
the sulfur atoms of the dithiolene fragment. To date, the PDT component [4] of the molybdenum
cofactor (Moco) is the only known occurrence of dithiolene ligation in biological systems. This cofactor
is also found in anaerobic tungsten enzymes, and it may be one of the most ancient cofactors in
biology [5]. The study of metal–dithiolene compounds (metallodithiolenes) has undergone a recent
renaissance, with their synthesis, geometric structure, spectroscopy, bonding, and electronic structure
having been recently highlighted [4,6–20]. Here, we briefly review the discovery of metallodithiolene
compounds [13,21]. This history is followed by a more extensive discussion of key investigations into
the myriad roles of the dithiolene ligands in the structure, bonding and reactivity of metal compounds,
using multiple spectroscopic techniques, as well as theoretical calculations. Throughout this review,
the key implications of these results for Mo and W enzymes are discussed.
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Figure 1. The reduced tetrahydro form of the pyranopterin dithiolene (PDT) coordinated to Mo in the
molybdenum cofactor (Moco). In the enzymes, the Mo ion can redox cycle between the MoIV, MoV,
and MoVI oxidation states.

In the early 1960s, several research groups reported intensely colored square planar metal
complexes with chelating sulfur-donor ligands that could stabilize metal compounds in a range of formal
oxidation states related by one-electron oxidation-reduction (i.e., redox) reactions (Figure 2) [22–24].
McCleverty gave these novel ligands the general name “dithiolene” in order to emphasize their
delocalized electronic structures [25]. These ligands are also described as being “non-innocent” due
to the participation of the dithiolene ligands in the multiple one-electron reactions of their metal
complexes and the inability to assign a specific oxidation state to the metal ion or the dithiolene
ligands [11].

Figure 2. Square planer metallodithiolene complexes. R = CN, CH3, Ph, CF3.

Importantly, these non-innocent dithiolene ligands can modulate the nature of the covalent bonding
with transition metal ions via the various redox states accessible to the dithiolene (Figure 3) [13].
The ene-1,2-dithiolate is the reduced form of the ligand and possesses six π-electrons. This ligand
form is both a σ-donor and π-donor that usually forms strong covalent bonds with an oxidized
transition metal ion, as is observed in the active sites of most pyranopterin Mo and W enzymes
(e.g., Mo(V)/Mo(VI)-dithiolene bonds). The radical anion form with five π-electrons is usually
found in molecules chelated by multiple dithiolene ligands, where extended delocalization of the
π-electrons and mixed-valency assists in the stabilization of the metal–ligand bonds. The fully oxidized
1,2-dithione form of the ligand possesses only four π-electrons and can be described by two resonance
structures (e.g., the 1,2-dithione and 1,2-dithiete). The low-lying empty π* orbitals of the S=C bonds
in the dithione can accept π-electron density from electron-rich low-valent transition metals [16,17],
thereby stabilizing such compounds. However, dithione-containing low-valent metal complexes are
encountered much less frequently than high-valent transition metal ions coordinated by reduced forms
of dithiolene ligands.
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Figure 3. Dithiolene redox states and resonance structures for the oxidized dithione/dithiete forms.
(Adapted with permission from Inorganic Chemistry, 2016, 55, 785–793. Copyright (2016) American
Chemical Society).

In 1982, Johnson and Rajagopalan proposed that Moco consisted of the Mo ion coordinated by the
dithiolene fragment of the PDT (Figure 1), from the results of an elegant series of degradative, analytical
and spectroscopic studies of sulfite oxidase [26]. This proposed structure was subsequently confirmed
by X-ray crystallography [27,28], and numerous examples are now known [29]. Molybdenum and
tungsten enzymes are the only known examples of dithiolene coordination in biology, and given the
“non-innocent” behavior of dithiolene ligands in simple metal compounds, one may ask what role
does dithiolene coordination play in molybdenum enzymes? Through a series of examples involving
small molecules and enzymes, we will address this important question and how it relates to control of
metal–ligand covalency, reduction potentials, and reactivity in pyranopterin Mo and W enzymes.

2. Mo–Dithiolene Bonding

2.1. Early Descriptions of Mo–Dithiolene Bonding

Some insight into the role of dithiolene coordination in enzymes is provided by the organometallic
compounds of the general formula Cp2M(bdt), where Cp is C5H5

−, and M is either Mo, V or Ti.
The fold angle of the dithiolene ligand depends on the formal d-electron count of the metal, and this
angle ranges from nearly planar (9◦) for Mo (d2), to 35◦ for V (d1), and 46◦ for Ti (d0) (Figure 4). Lauher
and Hoffman [30] related this increase in the fold angle with decreased d-electron count to donation
from the filled out-of-plane Sπ+ orbital to the in-plane metal d-orbital (Figure 5). For the molybdenum
enzymes, these model compound results imply that the Mo–dithiolene fold angle in Moco could be
related to the formal oxidation state of the Mo atom, with Mo(VI) (d0) sites possessing a relatively
large fold angle and Mo(V) (d1) and Mo(IV) (d0) sites possessing smaller fold angles. Accurate fold
angles are difficult to determine for large protein molecules, but values ranging from 6–33◦ have been
calculated for various molybdenum enzymes [31]. The binding of substrate or inhibitors, and/or
dynamic conformational changes in the protein, are expected to modulate the active site chelate fold
angle and thereby affect enzyme reactivity [4,32].

Figure 4. Fold angle distortions as a function of redox orbital electron occupancy in a series of
Cp2MIV(bdt) complexes. (Adapted with permission from J. Am. Chem. Soc. 2018, 140, 14777–14788.
Copyright (2018) American Chemical Society).
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Figure 5. Pictorial description of how the ligand fold angle modulates the degree of mixing between
the dithiolene out-of-plane S orbitals (Sπ+) and the in-plane Mo(xy) redox orbital. The chelate ring fold
is along the dithiolene S–S vector. (Adapted with permission from Proc. Natl. Acad. Sci. USA. 2003, 100,
3719–3724. Copyright (2003) National Academy of Sciences.

2.2. Spectroscopic Investigations of Mo–Dithiolene Bonding

2.2.1. Electron Paramagnetic Resonance (EPR) Spectroscopy

An important spectroscopic signature of molybdenum enzymes, such as xanthine oxidase and
sulfite oxidase, is a unique Mo(V) electron paramagnetic resonance (EPR) spectrum. The EPR spectra
of the enzymes display a relatively large average g-value (gave = 1.97) and relatively small 95,97Mo
hyperfine interactions (hfi) compared to the EPR spin-Hamiltonian parameters from typical inorganic
Mo(V) complexes that possess hard N, O, and Cl donor ligands. The unique EPR parameters for
molybdenum enzymes have been ascribed to covalent delocalization of electron density between the
Mo(V) center and the sulfur atoms of the coordinated pyranopterin dithiolene unit [33]. The oxo-Mo(V)
model compound Tp*MoO(bdt) (Figure 6, where Tp* is hydrotris-(3,5-dimethyl-1-pyrazolyl)borate
and bdt is 1,2-benzenedithiolate)) displays Mo(V) EPR spin-Hamiltonian parameters that are very
similar to those observed in the enzymes. This supports the proposal of dithiolene coordination in
Mo enzymes [34], which has been confirmed by X-ray crystal structures [2]. Recent multidimensional
variable frequency pulsed EPR studies of sulfite oxidase, where the sulfur atoms of Moco have been
isotopically labeled with 33S (I = 3/2), have provided direct experimental evidence for delocalization of
Mo(V) spin density onto the S atoms of the dithiolene fragment of Moco [35,36]. Density functional
theory (DFT) computations show spin polarization effects and strong covalent intermixing between the
in-plane metal dxy orbital and out-of-plane pz orbitals of the PDT dithiolene S atoms, which provide
a mechanism for the observation of a significant 33S hyperfine interaction [12,36].

 
Figure 6. The Tp*MoVO(bdt) model. Note that the apical oxo ligand can be changed to a terminal
sulfido or nitrosyl to probe the electronic structure of the Mo–dithiolene unit. The bdt ligand can also
be conveniently interchanged with a large variety of other dithiolenes.

2.2.2. Electronic Absorption and Resonance Raman Spectroscopies

Experimental investigation of the electronic structures of the Mo centers of enzymes is difficult
because of the intense absorptions from other chromophores (e.g., the b-type heme in sulfite oxidase
and iron sulfur centers and FAD in xanthine oxidase) [37–41]. However, the effects of dithiolene
coordination on electronic structure have been investigated for model oxo-Mo(V) compounds (Figure 6)
by electronic absorption, XAS, magnetic circular dichroism (MCD), and resonance Raman (rR)
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spectroscopies [12,14–17,32,33,42–51]. For Tp*MoO(bdt), the electronic absorptions at 19,400 cm−1

(Band 4) and 22,100 cm−1 (Band 5) are assigned to S→Mo charge transfer bands (Figure 7A) [12]. These
assignments have been confirmed by rR spectroscopy (Figure 7A,B), which shows three resonantly
enhanced vibrations at 362.0, 393.0, and 931.0 cm−1. The lower frequency vibrations (ν1 and ν6) can be
assigned to symmetric S–Mo–S stretching and bending vibrations, and the 931.0 cm−1 frequency (ν3) is
primarily the Mo≡O stretch. Figure 7C shows a molecular orbital diagram that is consistent with the
spectroscopic data of Figure 7A,B. Band 5 of Figure 7A is assigned as ψop

a” → ψxz
a”, ψyz

a’ (blue arrow,
Figure 7C), a transition which formally results in the promotion of an electron from an out-of-plane
dithiolene molecular orbital to the nearly degenerate Mo dxz,yz-based orbitals, which are strongly
antibonding with respect to the apical Mo≡O bond. This band assignment is supported by the rR
enhancement of ν3 (squares) with excitation into Band 5 (Figure 7A,B). The preferential enhancement of
vibrations ν1 (diamonds) and ν6 (circles) upon excitation at 514.5 nm (Figure 7A,B) supports assignment
of Band 4 as the electronic transition ψip

a” → ψxy
a’ (red arrow, Figure 7C), which promotes an electron

from the antisymmetric in-plane dithiolene orbital (ψip
a”) to the half-filled in-plane Mo dxy (ψxy

a’)
orbital. The intensity of this electronic transition illustrates the covalency of in-plane metal–dithiolene
bonding and suggests that such a pseudo-σ-mediated process could play a role in one-electron transfer
steps of enzyme catalysis.

Figure 7. (A) Solid state resonance Raman profiles and 5K mull electronic absorption spectrum for
Tp*MoVO(bdt). (B) Resonance Raman spectrum for Tp*MoVO(bdt) (293K) using 514.5 nm excitation
(75 mW). (C) General molecular orbital diagram for Tp*MoVO(dithiolene) complexes. The z-axis is
oriented along the Mo≡O bond and the energies of the molecular orbitals are not drawn to scale.
Transitions are described in the text. (Adapted with permission from Inorganic Chemistry, 1999, 38, 1401.
Copyright (1999) American Chemical Society).

3. Synergistic Interactions between the Dithiolene and Pterin Components of the PDT

Electronic coupling between the dithiolene and the pterin components of the PDT is most
prevalent in the dihydropyranopterin form of the PDT [4,15,20,29,52]. This coupling is dramatically
reduced in a tetrahydropyranopterin due to the loss of extended π-conjugation in these systems.
Two-electron oxidation of the tetrahydro pyranopterin component of the PDT can result in
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an unusual asymmetric dithiolene known as the “thiol–thione” form that leads to bond and electronic
asymmetry in the metal–dithiolene core [4,15,52]. As depicted in Figure 8, the two-electron oxidized
10,10a-dihydropyranopterin can undergo an induced internal redox reaction upon protonation at
the N-5 position that involves a subsequent charge transfer between the dithiolene chelate and the
piperazine ring of the pterin. This protonation results in a dominant monoanionic thiol–thione chelate
form of the ligand when bound to Mo or W. This thiol–thione character can also occur in the absence of
protonation by the concept of resonance, which may also be described as configurational mixing between
the thiol–thione and dithiol states. This type of thiol–thione chelate has been observed and studied in
a small molecule Mo(IV) systems [4,15,20,52]. In these systems, excited state thiol–thione character
was shown to be admixed into the ground state configuration using a variety of spectroscopic and
computational probes of the electronic structure. The analysis of the data indicates that a two-electron
oxidized pterin is inherently electron withdrawing, allowing for a low-lying dithiolene → pterin
intraligand charge transfer (ILCT) state to mix with the ground state to provide a variable degree of
thiol–thione character in the electronic ground state.

 
(a) (b) 

Figure 8. Oxidized PDT ligands: dihydropyranopterin (a) and protonated dihydropyranopterin (b)
yielding the thiol/thione.

Definitive spectroscopic signatures are associated with the presence of a dihydropterin form
of the PDT ligand. It is observed that the dithiolene → pterin intraligand charge transfer (ILCT)
band is intense (E = 20,000–27,500 cm−1; ε ~ 10,000–16,000 M−1 cm−1) [52], and there is considerable
resonance enhancement of numerous Raman vibrations that can be assigned as originating from pterin
and dithiolene C = C and C =N vibrations. Key resonance enhanced vibrational modes that can be
used to characterize the presence of dihydropterin thiol–thione character in the enzymes include the
1508 cm−1 and 1549 cm−1 pyranopterin–dithiolene stretching frequencies that were observed in this
Mo(IV) cyclized pyranopterin dithiolene model compound. This oxidized pyran ring closed form of
the PDT has yet to be definitively observed in any pyranopterin Mo enzyme, but its presence would
have profound implications on the electronic structure of the Mo site. Namely, the change in ligand
charge from −2 to −1 leads to an asymmetric reduction in the charge donated by the monoanionic
ligand compared to the dianionic dithiolene. Charge effects on oxygen atom transfer catalysis have
recently been explored in model compounds showing dramatic rate enhancements in the oxidative
half reaction that leads to substrate reduction [53]. This reactivity correlates with a large shift in the
Mo(VI/V) reduction potential between cationic [Tpm*MoO2Cl]+ (−660 mV vs. Fc+/Fc) and charge
neutral Tp*MoO2Cl (−1010 mV vs. Fc+/Fc) [53]. The same effect on redox potential and reactivity
would be expected in enzymes that could adopt an oxidized PDT with a thiol–thione configuration.
The presence of a thiol–thione form of the PDT in an enzyme would also have a considerable impact
on the active site electronic structure, and enable the pyranopterin to play a more significant role
in catalysis by fine-tuning the Mo redox potential and providing a π-pathway for electron transfer
regeneration of the active site [52]. Additionally, the asymmetry in the dithiolene (thiol/thione) charge
donation would be expected to result in a significant trans effect or trans influence on oxo or sulfido
ligands that are coordinated to the Mo or W ion and oriented trans to the thione sulfur.
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4. The Electronic Buffer Effect and Fold Angle Distortions

4.1. Photoelectron Spectroscopy (PES) Studies

A common structural feature of the large group of pyranopterin Mo enzymes that catalyze a wide
range of oxidation/reduction reactions in carbon, sulfur, and nitrogen metabolism is coordination by
the sulfur atoms of one (or two) unique dithiolene groups derived from the side chain of a novel
substituted pterin (PDT, Figure 1). Given the electronic lability of the dithiolene, a possible role of
dithiolene coordination in molybdoenzymes is to buffer the influence of other ligands and changes in
the formal oxidation state of the metal. Gas-phase photoelectron spectroscopy (PES) is a powerful
tool for probing metal–ligand covalency in isolated molecules. Gas-phase ultraviolet PES of the
molybdenum model complexes with the general formula Tp*MoE(tdt) (Figure 6, where E = O, S, or
NO, and tdt = 3,4-toluenedithiolate), exhibit nearly identical first ionization energies (6.88–6.95 eV)
even though there is a dramatic difference in the electronic structure properties of the axial ligand.
Collectively, these results have provided direct experimental evidence for the “electronic buffer” effect
of dithiolene ligands [54].

Additional evidence for the electronic buffer effect of dithiolene ligands has been provided
by gas-phase core and valence electron ionization energy measurements of the series of molecules
Cp2M(bdt) (Figure 4, Cp = η5-cyclopentadienyl, M = Ti, V, Mo, and bdt = benzene-1,2-dithiolate).
Comparison of the gas-phase core and valence ionization energy shifts provides a unique quantitative
energy measure of valence orbital overlap interactions between the metal and the sulfur orbitals
that is separated from the effects of charge redistribution. The results explain the large amount of
sulfur character in the redox-active orbitals and the electronic buffering of oxidation state changes
in metal–dithiolene systems. The experimentally determined orbital interaction energies also reveal
a previously unidentified overlap interaction of the predominantly sulfur HOMO of the bdt ligand
with the filled π orbitals of the Cp ligands, suggesting that direct dithiolene interactions with other
ligands bound to the metal could be significant for other metallodithiolene systems in chemistry and
biology [55].

4.2. A Large Fold Angle Distortion in a Mo(IV)–Dithione Complex

Mo(IV)–dithione complexes are much rarer than Mo(V)/Mo(VI)-dithiolene complexes. Recently,
a detailed spectroscopic and computational study was performed on a novel Mo(IV)–dithione complex,
MoO(SPh)2(iPr2Dt0) (where iPr2Dt0 = N,N′-isopropylpiperazine-2,3-dithione) [17]. The structure of
this unusual molecule was determined by x-ray crystallography and displays a remarkably large
dithiolene fold angle (η = 70◦). This large fold angle was compared to that observed in more than
75 other metallodithiolene complexes found in the Cambridge crystallographic database, where fold
angles were found to range from 0.3◦ to 37.3◦ with an average value for η of 12.5◦ [17]. The large
fold angle distortion in the metallodithiolene ring of MoO(SPh)2(iPr2Dt0) is reflected in its unusual
electron absorption spectrum. The combination of an electron rich Mo(IV) center and electron donating
thiolate (SPh) ligands results in the presence of low-energy Mo(IV) d(x2-y2)→ dithione MLCT and
thiolate→ dithione LL’CT transitions as a result of the strong π-acceptor character of the dithione
ligand. These spectral assignments are supported by resonance Raman profiles constructed for the
378 cm−1 S–Mo–S symmetric stretch and the 945 cm−1 Mo≡O stretch in addition to the results of
TDDFT computations. The donor–acceptor nature of the complex was revealed in a molecular orbital
fragments analysis using a donor fragment, [(PhS)2Mo(IV)]2+ (F1) and an acceptor fragment, [iPr2Dt0]
(F2). The analysis showed that 21% of the F1 HOMO was mixed into the F2 fragment LUMO at
a 70o fold angle. In contrast, only 5% of the F1 HOMO was mixed into F2 fragment LUMO in
a planer configuration (η = 0◦), correlating the effective π-acceptor ability of the dithione with the
ligand fold angle. The effects of this HOMO-LUMO mixing also affects the HOMO-LUMO gap, with
the HOMO-LUMO gap increasing at larger fold angles (Figure 9). The increased covalency that
results from the fold angle distortion represents an example of a strong pseudo-Jahn–Teller effect, vide
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infra, involving vibronic coupling between the ground state and a low-energy excited state in the
non-distorted (η = 0◦) geometry of this molecule. A scan of the potential energy surface as a function
of this fold angle distortion coordinate results in an asymmetric double well potential (Figure 10), with
the global minimum representing a ground state geometry with the dithione ligand fold distorted
toward the apical oxo ligand. Thus, an oxidized dithione form of the PDT present in an enzyme active
site would be expected to possess a very large ligand fold angle, unless the polypeptide enforces a more
planer fold angle geometry.

 

Figure 9. Frontier orbital energies as a function of fold angle in MoIVO(SPh)2(iPr2Dt0), which possesses
a dithione π-acceptor ligand. (Adapted with permission from Inorganic Chemistry, 2016, 55, 785–793.
Copyright (2016) American Chemical Society).

 

Figure 10. A double well in the ground state potential energy surface of MoIVO(SPh)2(iPr2Dt0) as
a function of the ligand fold angle. (Adapted with permission from Inorganic Chemistry, 2016, 55,
785–793. Copyright (2016) American Chemical Society).

4.3. Low-Frequency Pyranopterin Dithiolene Vibrational Modes in Xanthine Oxidase/Dehydrogenase

Low-frequency dithiolene distortions that are coupled to large electron density changes at the
Mo ion represent an example of the electronic buffer effect [54], and have been probed in bovine
xanthine oxidase (XO) and R. capsulatus xanthine dehydrogenase (XDH) using resonance Raman
spectroscopy [40]. Computations have shown that exciting into a low-energy Mo(IV) → product
metal-to-ligand charge transfer (MLCT) band results in a large degree of change transfer from the
Mo(IV) HOMO to the product LUMO, resulting in an excited state with significant Mo(V) hole character
(e.g., Mo(IV)–P0 →Mo(V)–P·). Thus, the optical charge transfer process mimics the instantaneous
one-electron oxidation of the Mo ion, which is encountered in the electron transfer reactions of
the enzymes.

The Mo(IV)→ 2,4-TV and Mo(IV)→ 4-TV (2,4-TV = 2,4-thioviolapterin; 4-TV = 4-thioviolapterin)
MLCT bands are red-shifted relative to the Mo(IV) → violapterin MLCT band [39,40,56–59].
The red-shift of the MoIV–2,4-TV and MoIV–4-TV MLCT bands eliminates spectral overlap with
the absorption envelope of the 2Fe–2S spinach ferredoxin clusters and FAD. The elimination of the
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FAD fluorescence background and spurious signals deriving from 2Fe–2S vibrations contributing to
the Raman spectrum allow for the acquisition of very high-quality resonance Raman data. Multiple
low-frequency (200–400 cm−1) Raman vibrations are observed to be enhanced when using laser
excitation on resonance with the Mo(IV)→ product MLCT band [40], and these have been assigned as
a vibrational mode involving dithiolene folding, Mo≡O rocking, and pyranopterin motions (Band A:
MoIV–4-TV= 234 cm−1; MoIV–2,4-TV= 236 cm−1), a ring distortion vibration that possesses both Mo–SH
and pyranopterin motions (Band B: MoIV–4-TV = 290 cm−1; MoIV–2,4-TV = 286 cm−1), the symmetric
S–Mo–S dithiolene core stretching vibration (Band C: MoIV–4-TV = 326 cm−1; MoIV–2,4-TV = 326
cm−1), and the corresponding asymmetric S–Mo–S dithiolene stretch (Band D: MoIV–4-TV = 351 cm−1;
MoIV–2,4-TV = 351 cm−1) (Figure 11). Thus, the instantaneous generation of a hole on the Mo center
(Mo(IV)–P0 →Mo(V)–P·) by photoexcitation is felt by the dithiolene chelate and extends all the way
to the amino terminus of the PDT. The most resonantly enhanced mode in this spectral region is
Band C, the symmetric S–Mo–S dithiolene core stretching, and the frequency of this mode and Band
D are similar to those observed in Tp*MoO(bdt) [12,32], which were assigned as the chelate ring
symmetric S–Mo–S stretching and bending vibrations, respectively. Band A is significant, since it
possesses dithiolene ring folding character indicating that electron density changes at Mo are buffered
by a distortion along this low-frequency coordinate, as has been observed in the various model systems
described in this review. These observations strongly support an electron transfer role for the PDT in
catalysis, with the dithiolene contributing to the Mo–S covalency necessary for increasing the electronic
coupling matrix element for electron transfer (HDA) and to affect the Mo reduction potential via the
covalency in the Mo–Sdithiolene bonds.

  
(a) (b) 

Figure 11. Low-frequency rR spectra for wt, Q102G, and Q197A XDH, MoIV−4-TV (a) and MoIV−2,4-TV
(b). Raman spectra were collected on resonance with the Mo(IV)→ P MLCT band using 780 nm laser
excitation (Adapted with permission from Inorganic Chemistry, 2017, 56, 6830–6837. Copyright (2017)
American Chemical Society).

5. Vibrational Control of Covalency

A combination of MCD, electronic absorption, electron paramagnetic resonance, resonance Raman,
and photoelectron spectroscopies has been used in conjunction with theory to reveal vibrational control
of metal–ligand covalency in a series of Cp2M(bdt) complexes (M = Ti, V, Mo; Cp = η5-C5H5) [60]
(Figure 4). The work is important because it has allowed for a detailed understanding of how redox
orbital electron occupancy (Ti(IV) = d0, V(IV) = d1, Mo(IV) = d2,) affects the nature of the M–dithiolene
bonding scheme at parity of the ligand set and at parity of charge. In this series of complexes, large
changes in the metallodithiolene fold angle and electronic structure are observed as electrons are
successively removed from the redox orbital (Figure 4). These electron occupancy effects on the fold
angle distortion are now understood in terms of the pseudo-Jahn–Teller effect (PJT). PJT-derived
molecular distortions originate from the mixing of the electronic ground state (Ψ0) with specific excited
states (Ψi) [61,62]. The ground state–excited state energy gap (2Δ), the matrix elements (F0i) of the
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vibronic contribution to the force constant (F), and the primary non-vibronic force constant (K0) all
govern the degree of the ligand fold distortion according to:

F0i =

〈
Ψ0

∣∣∣∣∣∂H∂Q
∣∣∣∣∣Ψi

〉
(1)

F2 > Δ · K0 (2)

At the critical threshold defined by Equation (2), the metallodithiolene centers of Cp2M(bdt) can
distort along the dithiolene fold angle coordinate to yield a double well potential energy surface
(Figure 12), and the magnitude of the PJT distortion is maximized by a large F, a small Δ, and a small
K0. Thus, the PJT distortion in these Cp2M(bdt) complexes effectively couples soft fold angle bending
modes in the M-dithiolene chelate ring to the inherent electronic structure of the system via the
d-electron count. Importantly, the mixing of low-energy charge transfer states into the ground state by
the PJT effect controls the covalency of the M–S bonds.

Figure 12. The excited state (black) and ground state (red) potential energy surfaces associated with
varying values of F2 (Dotted: F2 = 0, solid: F2 = Δ·K0, dashed: F2 = 2Δ·K0) When the condition F2

> Δ·K0 is met one observes that the single-well ground state potential energy surface distorts into
a double-well potential. The F2 > Δ·K0 criteria describe a strong PJT effect. (Adapted with permission
from J. Am. Chem. Soc. 2018, 140, 14777–14788. Copyright (2018) American Chemical Society).

One of the unique aspects of Mo–S and W–S bonding is the small energy gap between filled
dithiolene-based orbitals and the lowest energy metal-based orbital, which naturally leads to low-energy
charge transfer states that can mix with the ground state. Mode softening along the dithiolene fold
coordinate is important in pyranopterin Mo and W enzymes since this leads to a potential energy
surface where a large range of dithiolene fold angles may be sampled without paying a prohibitive
energy penalty. This effect is maximized when F2 � Δ·K0. Thus, a low-energy pathway is operative
that can minimize energetically unfavorable reorganizational energy contributions along the reaction
coordinate, which accompany redox changes at the metal ion. As mentioned previously, these fold
angle distortions have been shown to be kinematically coupled to low frequency pyranopterin modes in
XO and contribute to low-energy barriers for electron transfer regeneration of the active site. However,
in the enzymes there may be either a competing or additive relationship between active site distortions
that are driven via the d-electron count of the metal ion and distortions that are imposed by the protein.
Vibronic coupling effects that derive from different occupancy numbers for the redox-active orbital will
function to modulate the enzyme reduction potential in the oxidative and reductive half reactions of
pyranopterin Mo and W enzymes, and this occurs by modulating the degree of metal–ligand covalency
via low-frequency distortions at the active site.
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6. Conclusions

This review focuses on the electronic structures, molecular structures, and spectroscopic properties
of well-characterized metallodithiolene compounds in order to provide deep insight into the role(s) of
metal–dithiolene bonding in pyranopterin dithiolene containing enzymes (Figure 1). The discovery,
in the early 1960s, that transition metal dithiolene compounds undergo a series of one-electron
oxidation-reduction reactions (Figure 2), provided the first evidence for the “non-innocence” of
dithiolene ligands and the highly covalent nature of metal–dithiolene bonding. Additional links
between metal–dithiolene covalency and electronic and molecular structure were posited from
theoretical studies of bent metallocene−dithiolene compounds (Figure 4) by Lauher and Hoffman
in 1976 [30], who related metal−dithiolene chelate ring “folding” with the metal ion d-electron
configuration. Investigations of Mo dithiolene compounds by electronic absorption, resonance Raman,
and EPR spectroscopies showed that S→Mo charge transfer bands dominate the visible spectrum
and that there is substantial delocalization of spin density onto the S atoms of the dithiolene. Recent
comprehensive studies of bent metallocene−dithiolene compounds have shown that low-energy ligand
fold distortions arise from a pseudo-Jahn−Teller (PJT) effect, which involves vibronic coupling of the
electronic ground state with electronic excited states to control metal−ligand covalency [60] (Section 5).
This vibronic coupling process may play critical roles in the catalytic cycles of pyranopterin Mo and W
enzymes by dynamic and/or static modulation of redox potentials and providing a superexchange
pathway for electron transfer through the PDT framework. However, greater understanding of how
geometric and electronic structure control reactivity, and define function in Mo and W enzymes,
will require linking the concepts that have been developed for metallodithiolenes to the emerging
results from studies of well-characterized compounds that mimic the pterin component of PDT
(Section 3). Exploring the synergistic interactions between the dithiolene and pterin components of the
PDT and the metal ion will be challenging, but such research promises to provide important insights
into these critically important enzymes.
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Abstract: Here, we report recent progress our laboratories have made in understanding the maturation
and reaction mechanism of the cytosolic and NAD+-dependent formate dehydrogenase from
Cupriavidus necator. Our recent work has established that the enzyme is fully capable of catalyzing the
reverse of the physiological reaction, namely, the reduction of CO2 to formate using NADH as a source
of reducing equivalents. The steady-state kinetic parameters in the forward and reverse directions
are consistent with the expected Haldane relationship. The addition of an NADH-regenerating
system consisting of glucose and glucose dehydrogenase increases the yield of formate approximately
10-fold. This work points to possible ways of optimizing the reverse of the enzyme’s physiological
reaction with commercial potential as an effective means of CO2 remediation. New insight into
the maturation of the enzyme comes from the recently reported structure of the FdhD sulfurase.
In E. coli, FdhD transfers a catalytically essential sulfur to the maturing molybdenum cofactor prior to
insertion into the apoenzyme of formate dehydrogenase FdhF, which has high sequence similarity to
the molybdenum-containing domain of the C. necator FdsA. The FdhD structure suggests that the
molybdenum cofactor may first be transferred from the sulfurase to the C-terminal cap domain of
apo formate dehydrogenase, rather than being transferred directly to the body of the apoenzyme.
Closing of the cap domain over the body of the enzymes delivers the Mo-cofactor into the active site,
completing the maturation of formate dehydrogenase. The structural and kinetic characterization of
the NADH reduction of the FdsBG subcomplex of the enzyme provides further insights in reversing
of the formate dehydrogenase reaction. Most notably, we observe the transient formation of a neutral
semiquinone FMNH·, a species that has not been observed previously with holoenzyme. After initial
reduction of the FMN of FdsB by NADH to the hydroquinone (with a kred of 680 s−1 and Kd of 190 μM),
one electron is rapidly transferred to the Fe2S2 cluster of FdsG, leaving FMNH·. The Fe4S4 cluster of
FdsB does not become reduced in the process. These results provide insight into the function not only
of the C. necator formate dehydrogenase but also of other members of the NADH dehydrogenase
superfamily of enzymes to which it belongs.

Keywords: nicotinamide adenine dinucleotide (NADH); electron transfer; enzyme kinetics; enzyme
structure; formate dehydrogenase; carbon assimilation
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1. Introduction

The molybdenum- and tungsten-dependent formate dehydrogenases have drawn increased
attention over the past 5–10 years due to the demonstration that under the appropriate conditions, most,
if not all, are able to catalyze the reverse reaction, reduction of CO2 to formate, under the appropriate
conditions. Indeed, some enzymes of this family, which include the closely related formylmethanofuran
dehydrogenases of the Wood–Ljungdahl pathway, function physiologically to reduce CO2 to formate
in what is probably the most evolutionarily ancient mechanism of carbon fixation.

Cupriavidus necator H16 (previously known as Ralstonia eutropha) has four formate dehydrogenases,
of which, two are cytosolic enzymes that utilize NAD+ as oxidizing substrate [1,2]. One of these
contains molybdenum and is encoded by the fdsGBACD operon, the other possesses tungsten and
is encoded by the fdwAB operon (presumably enlisting additional subunits from the fds operon) [3].
The molybdenum-containing enzyme was originally isolated and characterized by Bowien and
coworkers, who showed that the mature holoenzyme belongs to the NADH dehydrogenase superfamily
of enzymes [4–6]. The FdsA, FdsB, and FdsG subunits are homologous to corresponding subunits in
the cytosolic arm of NADH dehydrogenase [7–10]. FdsA is homologous to the Nqo3 subunit of the
NADH dehydrogenase from Thermus thermophilus [8,9], although the latter lacks a molybdenum center
as found in the former [7]. The homology between FdsA and Nqo3 includes the presence of a histidine
ligand to one of the Fe4S4 clusters. The C-terminal domain of FdsA, containing the molybdenum center,
is also homologous to the crystallographically characterized FdhF formate dehydrogenase of E. coli,
with the molybdenum-coordinating Cys 378 of FdsA equivalent to Sec 140 in FdhF [11]. The Fe4S4-
and FMN-containing FdsB subunit is homologous to the T. thermophilus Nqo1 subunit and like Nqo1
also possesses a binding site for NADH/NAD+. The FdsG subunit is homologous to the T. thermophilus
Nqo2 subunit and has a single Fe2S2 cluster. We report here recent work from our laboratories on both
mechanistic and structural aspects of the C. necator enzyme.

2. Catalysis of CO2 Reduction by the C. necator Formate Dehydrogenase

Under physiological conditions, reducing equivalents enter the C. necator formate dehydrogenase
holoenzyme at its molybdenum center and leave at the FMN, reducing NAD+ to NADH; electron transfer
between the molybdenum and flavin, which are separated by some 55 Å [10], is mediated by
the intervening iron–sulfur clusters. Although originally reported to be unable to catalyze the
CO2 by NADH, we have recently shown that the enzyme is indeed capable of doing so when
CO2 (not bicarbonate) is used as substrate [12]. This is consistent with a mechanism for formate
oxidation involving direct hydride transfer of the Cα-H to the MoVI = S group of the L2MoVIS(S-Cys)
molybdenum center (where L is the bidentate enedithiolate-coordinated pyranopterin cofactor found in
molybdenum- and tungsten-containing enzymes, present in this enzyme as the guanine dinucleotide)
to L2MoIV(SH)(S-Cys), with CO2 rather than bicarbonate as the immediate product of the reaction [13].
The steady-state kinetic parameters have been determined in both the forward and reverse directions
and are shown in Table 1.

Table 1. Steady-state kinetic parameters for the C. necator formate dehydrogenase.

Forward Reverse

kcat 201 s−1 10 s−1

Km
formate 130 μM –

Km
NAD+ 310 μM –

Km
CO2 – 2700 μM

Km
NADH – 46 μM
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The Haldane relationship for these parameters for an enzyme, such as formate dehydrogenase
operating via a ping-pong mechanism with separate sites for the reductive and oxidative half-reactions,
is as follows:

Keq =

(kforward
cat )

(Kformate
m )

· (kforward
cat )

(KNAD+
m )

(kreverse
cat )(
K

CO2
m

) · (kreverse
cat )

(KNADH
m )

=

(201 s−1)
(130 μM)

· (201 s−1)
(310 μM)

(10 s−1)
(2700 μM)

· (10 s−1)
(46 μM)

= 1250 (1)

The value 1250 compares favorably with the Keq calculated from the 100 mV difference between
ΔE0′ for the NAD+/NADH and CO2/formate couples of 2100, the disparity reflecting a ~10% uncertainty
in kcat

forward and kcat
reverse, which are squared terms in numerator and denominator, respectively,

of Equation (1).
The reaction can be pushed significantly in the direction of CO2 reduction by the addition of an

NADH regeneration system [14]. As shown in Figure 1 left, addition of a catalytic amount of formate
dehydrogenase to a solution that is 29.5 mM in CO2 (at 30 ◦C) and 300 μM in NADH results in the
formation of 120 μM formate (as quantified by ion chromatography) and 130 μM NAD+—in other
words, the reaction is tightly coupled. When the experiment is repeated with the addition of 50 mM
glucose and a catalytic amount of glucose dehydrogenase for NADH regeneration, the amount of
formate generated increases approximately 10-fold to 1.0 mM (Figure 1 right). This illustrates the
potential commercial use of the enzyme for generation of formate from CO2 using a suitable source of
reducing equivalents.

Figure 1. Catalysis of CO2 reduction to formate by C. necator formate dehydrogenase. (Left) the reaction
of 0.2μM holoenzyme with 29.5 mM CO2(aq) and 300μM NADH, 20 mM Bis-Tris propane, pH 6.3, 30 ◦C.
The absorbance change reflects the consumption of 130 μM NADH. The amount of formate accumulated
as determined by ion chromatography was 120 μM [12]. (Right) the accumulation of formate under the
same conditions upon addition of 50 mM glucose and catalytic glucose dehydrogenase to the reaction
mix. Adapted with permission from Biochemistry 2019, 58, 1861–1868 [14]. Copyright (2019) American
Chemical Society.

3. Insertion of the Molybdenum Cofactor into Formate Dehydrogenase and Other Members of
the DMSO Reductase Family

As is seen with all members of the DMSO reductase family of molybdenum enzymes, the active site
molybdenum center is deeply buried in the C-terminal domain of the FdsA subunit, and the means by
which it is introduced into the apoenzyme is not presently understood. Given the extensive structural
homology of this domain to the E. coli FdhF, one can consider the overall topology of the latter which
consists of three interlaced domains that constitute the body of the protein, and a contiguous C-terminal
domain that constitutes a “cap” over the cofactor in the holoenzyme (Figure 2A [11]). It is now
well-accepted that all the Mo- and W-containing formate dehydrogenases possess a M=S group that is
inserted into the metal coordination sphere as the final step of cofactor maturation [15]. Sulfur forms a
more covalent bond with molybdenum and tungsten than does the more electronegative oxygen. As a
result, there is less formal negative charge on the sulfur, e.g., making it better able to accept a hydride in
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the course of the reaction. A similar argument has been made in the case of xanthine oxidase and related
enzymes, which also require a Mo=S [10]. The sulfur transferase catalyzing this reaction (the product
of the fdhD gene in E. coli, fdsC in the C. necator operon) is also thought to play a role in the insertion
process, and the X-ray crystal structure of FdhD has recently been reported with two equivalents
of GDP bound at the presumed position of the maturing molybdenum center [16]. Modeling the
cofactor into the structure yields a complex with the apex of the molybdenum coordination sphere
pointing into the channel through which the catalytically essential sulfur is delivered (via a cysteine
desulfurase), with the bis(MGD) portion of the cofactor presenting a concave basket to the surface
of the complex; the pyranopterin portion of both cofactors is solvent-exposed with the principal
interactions with FdhD principally involving the guanine dinucleotide extensions of the cofactor
(Figure 2B). In this orientation, the cofactor cannot be transferred directly to the body of the apo FdhF,
where it is also oriented concave outwards with the two guanine dinucleotide arms extended into the
protein, not out toward solvent. On the other hand, the molybdenum center in FdhF interacts with
the cap domain of the protein principally via its pyranopterin rings, interacting minimally with the
guanine dinucleotide arms. This being the case, it is possible to dock the cap (with bound cofactor)
to the dimeric FdhD2·(GDP)2 complex in such a way that the GDP arms overlap; both proteins are
in a position to interact optimally with the cofactor sandwiched between them. If this interaction is
physiologically significant, the implication is that FdhD passes the now sulfurated and mature cofactor
not to the body of apo FdhF but to its cap, which then closes over the body swinging the cofactor into
position in the active site. In this way the highly unstable cofactor is never released into free solution.
There have been a number of efforts in the past to identify regions on the surface of DMSO reductase
family enzymes that interact with the cofactor insertion machinery. If the above analysis is correct,
then this surface, on the face of the C-terminal cap domain that interfaces with the body of the enzyme,
is buried in the structure of the holoenzyme. In support of this model, the C-terminal cap domains of
the apo forms of both E. coli trimethylamine-N-oxide reductase TorA [17] and E. coli periplasmic nitrate
reductase NapA [18] in complex with their respective chaperones TorD and NapD (that recognize the
proteins’ N-terminal twin-Arg signal sequence that targets them to the periplasm) have been reported
to assume an open position in readiness to accept the mature molybdenum cofactor. This indicates that
the C-terminal cap domain is indeed able to adopt the type of open configuration that is proposed here.

Figure 2. A comparison of the structures of FdhD and FdhF. Panel (A) top, the structure of FdhF
(PDB 1FDO), with the body of the enzyme in gray and the C-terminal cap domain in blue. Middle, the body

106



Inorganics 2020, 8, 41

of FdhF with the C-terminal cap domain removed, revealing the buried molybdenum center.
Bottom, an enlargement of the molybdenum center, illustrating its disposition in the body of FdhF.
Panel (B) top, views of the putative interfaces of the dimeric FdhD in complex with two equivalents of
GDP (gray; PDB 4PDE) and the C-terminal cap domain of FdhF with the molybdenum center shown
(blue). Bottom, the structures shown rotated toward one another illustrating the overlap between the
GDP’s of the FdhD structure and the molybdenum center of FdhF.

4. The Crystal Structure of FdsBG

The X-ray crystal structure of the FdsBG subcomplex of the C. necator formate dehydrogenase has
also been determined at a resolution of 2.3 Å [19]. This fragment of the holoenzyme contains FMN
and a Fe4S4 cluster in the FdsB subunit and a Fe2S2 cluster in FdsG; it lacks the FdsA subunit that
contains the molybdenum center and additional iron–sulfur clusters. As expected, the structure of each
subunit is closely related to its cognate subunits in the NADH dehydrogenases from T. thermophilus
and Aquifex aeolicus, FdsB being homologous to the T. thermophilus Nqo2 and A. aeolicus NuoF subunits
and contains FMN and a Fe4S4 cluster, and FdsG to the T. thermophilus Nqo1 and A. aeolicus NuoE
subunits and contains a Fe2S2 cluster [20]. Compared to the A. aeolicus NuoF, FdsB has an RMSD of
1.48 Å for 394 Cα atoms and contains a Rossmann-like fold [21] encompassing the FMN binding site,
a ubiquitin-like and a four-helix domain containing the Fe4S4 cluster [22] (Figure 3); all these structural
elements are shared with NuoF. The Fe4S4 cluster is in a mostly hydrophobic environment close to
the protein surface and is bound by C443B, C446B, C449B, and C489B (superscript B indicating the
residue is in FdsB). The principal structural differences between FdsB and NuoF are in surface loops of
the protein. However, the N-terminal portion of FdsB consists of a thioredoxin-like fold [20] not seen
in NuoF or Nqo1. This domain lacks the Fe2S2 cluster typical of thioredoxins owing to mutation of
the iron-coordinating cysteines (P10B, A15B, S45B, and F49B). This resembles the C-terminal portion
of FdsG (RMSD 1.97 Å for 71 Cα atoms of the core of the domain) that contains the Fe2S2 cluster
(vide infra).

The FdsG subunit is homologous to the NuoE subunit of A. aeolicus NADH dehydrogenase,
consisting of an N-terminal four-helical bundle (residues 29G–74G) and a C-terminal thioredoxin-like
domain (residues 79G–159G) that possesses the subunit’s Fe2S2 cluster. These two domains are connected
by a four-amino acid linker and are rotated by ~26◦ relative to the orientation seen in NuoE.

It is to be noted that while the N-terminal domains of FdsG and NuoE both have four helices, the first
helix of FdsG runs parallel, but in NuoE, it runs across the second and third helices. The C-terminal
thioredoxin-like domain of FdsG resembles the N-terminal thioredoxin-like domain of FdsB, but unlike
the cofactorless FdsB domain, the FdsG domain contains a spinach ferredoxin-like Fe2S2 cluster [19].
This iron–sulfur cluster is again in a hydrophobic environment near the surface, coordinated by C86G,
C91G, C127G, and C131G. Like A. aeolicus NuoE (but unlike T. thermophilus Nqo1), the C-terminus of
FdsG is truncated at its C-terminus and lacks a disulfide bond.

At the FdsB–FdsG interface, two helices of the N-terminal four-helical bundle domain of FdsG
contact the Rossmann-like domain of FdsB, as seen in the subunit interface between NuoE and NuoF.
FdsG’s C-terminal thioredoxin-like domain interacts with the same surfaces of the ubiquitin-like and
Rossmann-like domains of FdsB as do the corresponding structural elements of NuoE and NuoF.
The different placement of the ubiquitin and of the 183B–190B loop in FdsB as compared to NuoE
results in an increase in the distance between the Fe2S2 cluster of FdsG and the Fe4S4 cluster of FdsB,
being of ~1.0 Å as compared to the separation seen in NuoEF.

At a distance of nearly 21 Å (edge-to-edge), direct electron transfer between the two Fe/S clusters
is expected to be extremely slow and unlikely to be physiologically relevant. On the other hand,
each cluster is within 12 Å of the FMN isoalloxazine ring (Figure 4). Given the model that has been
constructed for the holoenzyme based on the structures of FdhF and Nqo123, the Fe4S4 cluster of FdsB
clearly lies on-path for electron transfer between the molybdenum center and FMN of the formate
dehydrogenase, while the Fe2S2 cluster of FdsG is off-path. In the NADH dehydrogenases, it has been
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suggested that this cluster may serve to temporarily store electrons during electron transfer out of the
FMN once it has been reduced by NADH (vide infra). The FMN in FdsB is surrounded by a network of
interactions that is also conserved in other NADH dehydrogenase-like enzymes [20,23] and is part
of the solvent-accessible cavity that constitutes the NAD+/NADH binding site. The C8-methyl of the
FMN points towards the Fe4S4 cluster, with the C4=O facing the Fe2S2 cluster (Figure 4).

Figure 3. The structure of FdsBG. (Top) the overall structure of FdsBG, with FdsB in gray and FdsG
in blue (PDB 6VW8). The center structure is rotated about the horizontal or vertical axis as indicated
to give the structures to the left and right, respectively. The two iron–sulfur clusters are rendered
as CPK spheres and the FMN as CPK sticks. (Bottom Left) the domain structure of FdsB, with the
thioredoxin-like domain in red, the Rossmann fold in gray, the ubiquitin-like domain in green, and the
four-helix domain in blue; (Center) the domain structure of FdsG, with the N-terminal domain in gray
and the thioredoxin-like domain in red; (Right) a comparison of the thioredoxin-like domains of FdsB
(upper) and FdsG (lower).

Figure 4. Disposition of the redox-active centers of FdsBG. From left to right the Fe4S4 and FMN of
FdsB and the Fe2S2 of FdsG (PDB 6VW8).

5. EPR Characterization of the Iron–Sulfur Clusters of FdsBG

Extended incubation of FdsBG complex with sodium dithionite (pH 7.0) yields two signals (as seen
in Figure 5 top). The first is seen at liquid nitrogen temperatures as high as 200 K, with g1,2,3 = 2.000,
1.948, and 1.920 and linewidths of 1.4, 1.7, and 1.6 mT, respectively. These values are in good agreement
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with previously reported parameters for the cluster designated as Fe/S1 for holoenzyme (Figure 5
middle, dotted spectrum) [13]. The second signal is seen only below 20 K and has g1,2,3 = 2.039, 1.955,
and 1.891, and linewidths of 4.5, 1.4, and 5.3 mT (Figure 5 middle, dashed spectrum). This signal
has not been previously seen with the holoenzyme [13], owing to its low intensity, broad linewidths,
and overlap with the much stronger Fe/S3 signal, and is designated Fe/S5. In the A. aeolicus NuoEF
and T. thermophilus Nqo12 NADH dehydrogenases, only the Fe2S2 clusters exhibit EPR signals at 77 K,
while the Fe4S4 signals appear only below 50 K [24]. Further, the g-values g1,2,3 = 2.004, 1.945, and 1.917
for the N1a Fe2S2 cluster of the 24 kDa subunit of bovine complex I [25] (the homolog to FdsG) are in
very good agreement with the Fe/S1 signal seen here in FdsBG, and accordingly, the Fe/S1 signal has
been assigned to the Fe2S2 cluster of FdsG. The signal assigned to the N3 Fe4S4 cluster in the NADH
dehydrogenase systems, with g-values of g1,2,3 = 2.037, 1.945, and 1.852, is also in good agreement
with the Fe/S5 signal of the FdsBG complex, and we accordingly assign the Fe/S5 signal to the Fe4S4

cluster of FdsB. The Fe/S1 signal seen with holoenzyme was initially assigned to the His-coordinated
Fe4S4 cluster of FdsA (Figure 5 bottom, dotted spectrum) [13], but that is clearly incorrect as FdsBG
exhibits the signal. The Fe/S5 signal has similar g-values to those reported for the previously observed
Fe/S3, but the signal-giving cluster couples to the molybdenum center and must be the proximal
Fe4S4 cluster to the molybdenum center in FdsA; the Fe/S5 signal must, therefore, be a new signal not
seen previously with holoenzyme. The assignment of EPR signal Fe/S5 to the Fe4S4 cluster of FdsB is
consistent with our previously published structural model of holoformate dehydrogenase placing the
Fe4S4 cluster near FdsA in the intact holoenzyme and on-path between the molybdenum and FMN of
the enzyme [10].

Figure 5. EPR spectra of the iron–sulfur clusters of the FdsBG complex. (Top) the observed iron–sulfur
EPR spectrum (solid) and simulated composite spectrum (dashed) of dithionite-reduced FdsBG,
collected at 9 K with modulation amplitude of 8 Gauss and microwave power of 2 μW. The sample
was prepared by incubation of 125 μM of FdsBG complex in 100 mM potassium phosphate, pH 7.0
with 2 mM buffered sodium dithionite under anaerobic conditions for 1 h at room temperature prior
to freezing. (Middle) the individual signals resulting from the simulation of the composite spectrum
above. The spectrum corresponding to the previously assigned Fe/S1 (dotted) and an additional Fe/S5

signal (dashed) are resolved only in the FdsBG complex. (Bottom) a comparison of the spectra seen
with FdsBG (dashed) and holoenzyme, at 20 K (dotted). The dashed lines mark the location of g1 and
g3 features of the Fe/S3 component seen in the spectrum of the reduced holoenzyme (see text) [19].

109



Inorganics 2020, 8, 41

6. Rapid-Reaction Kinetics of FdsBG Reduction by NADH

The rapid-reaction kinetics of FdsBG reduction by NADH have also been examined. This is the
reverse of the physiological reaction for the formate dehydrogenase, but is the physiological direction
seen in the NADH dehydrogenases. A typical kinetic transient is shown in the inset of Figure 6 left.
The reaction is biphasic, with the fast phase of the reaction completing within 120 ms. A plot of the
observed kfast as a function of NADH is hyperbolic (Figure 6 left), yielding a limiting kred of 680 s−1

and Kd
NADH of 190 μM at 5 ◦C. We note that this rate is more than sixfold faster than the limiting rate

of reduction of holoenzyme at high formate, some 20-fold faster than kcat for formate oxidation (13),
and 350-fold faster than kcat for CO2 reduction [12] under comparable conditions.

Figure 6. The kinetics of FdsBG reduction by NADH. (Left) a plot of kfast vs. NADH, yielding a limiting
kred of 680 s−1 and a Kd

NADH of 190 μM. The inset shows a typical biphasic transient, as described in
the text. The reaction conditions were 100 mM potassium phosphate, pH 7.0, 5 ◦C. (Center) spectra
seen at the times indicated in the reaction of 10 μM FdsBG with 5 μM NADH, as obtained with a
photodiode array detector on the stopped-flow. (Right) difference spectra obtained using the spectra
obtained at the times indicated. The formation of FMNH· in the fast phase of the reaction is reflected in
the positive feature in the 500–650 nm region in the dotted difference spectrum and its loss during the
slow disproportionation phase of the reaction by the negative feature in the same region in the dashed
difference spectrum [19].

When the reaction was repeated using substoichiometric NADH (so that the FdsBG1e- formed
on disproportionation will not be further reduced by reaction with a second equivalent of NADH),
the absorbance increase seen at the end of the fast phase of the reaction implies formation of the
neutral semiquinone FMNH· (Figure 6 center, dashed). This species has not seen in previous work
with holoenzyme and must be the result of transfer of a single electron from the fully reduced flavin
hydroquinone (formed on its initial two-electron reduction by NADH) to the Fe2S2 cluster of FdsG
iron, leaving the flavin as FMNH· (and giving rise to the Fe/S1 EPR signal; see further below and
Scheme 1). On a second, slower timescale, two equivalents of the FdsBG2e- formed upon reaction with
NADH disproportionate to give one equivalent each of FdsBG1e- and FdsBG3e-. To the extent this
occurs, FdsBG1e- will have its Fe2S2 cluster (Fe/S1) reduced and its FMN oxidized, whereas FdsBG3e-
will have both Fe/S1 and the FMN reduced.

Scheme 1. Proposed electron transfer in FdsBG upon NADH reduction.

The UV/Visible signature of FMNH· [26] is seen as the positive feature in the 500–650 nm region
in the difference spectrum between fully oxidized enzyme and that collected at 0.3 s after the initial
reaction of FdsBG with NADH (Figure 6 right, black spectrum). The extended negative feature in
the 300–500 nm region is due to reduction of the Fe/S clusters. The subsequent disappearance of the
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FMNH· formed in the fast phase of the reaction is reflected in the pronounced negative feature in the
500–650 nm region seen in the 0.3–10 s difference spectrum (Figure 6 right, dashed difference spectrum).
Here, the two broad, negative peaks centered at 570 and 605 nm reflect the presence of FMNH· at
0.3 s but its loss over the next 10 s. Formation of FMNH· has independently been confirmed in a
freeze-quench EPR experiment. Figure 7 shows the spectrum seen at 150 K when FdsBG is reacted
with NADH and frozen after ~40 ms (Top), which exhibits the EPR signatures of both FMNH· and
Fe/S1. In addition to demonstrating the formation of FMNH·, this experiment establishes that it is
the Fe2S2 cluster of FdsG that becomes reduced in forming FMNH·. Subtracting out the Fe/S1 signal
from the measured EPR spectrum yields an isotropic EPR signal with a giso = 2.003 and a linewidth of
~1.9 mT, reflecting formation of the neutral rather than anionic semiquinone (Figure 7 middle) [27,28].
No additional iron–sulfur signal attributable to the Fe/S4 signal is seen at 9 K, even when the experiment
is repeated in the presence of excess NADH, indicating that it does not get reduced in the course of
reduction of FdsBG by NADH (Figure 7 bottom).

Figure 7. EPR of the neutral flavin semiquinone of FdsBG. (Top) The EPR spectrum seen by rapid-freeze
quench (quenching time ~40 ms) on reaction of 40 μM FdsBG with 0.8 mM NADH at 0 ◦C. The spectrum
was obtained at 150 K with modulation amplitude of 8 Gauss and microwave power of 0.4 mW.
(Middle) the spectrum of FADH·, obtained by subtracting out the Fe/S1 contribution (solid line) along
with a simulation (dashed line). (Bottom) The EPR spectrum seen on mixing 160 μM of FdsBG with
60 μM NADH at room temperature for 10 s prior to freezing. The EPR spectrum was collected at 9 K
with modulation amplitude of 8 Gauss and microwave power of 2 μW, and it exhibits only the Fe/S1

signal with no contribution from Fe/S4. All samples were prepared in 100 mM potassium phosphate,
pH 7.0, under anaerobic conditions [19].

7. The Thioredoxin-Like Domain of FdsB

The N-terminal thioredoxin-like domain of FdsB is extremely similar to the Fe2S2 ferredoxin
domain from A. aeolicus [21], which like the C. necator formate dehydrogenase is known to dimerize.
The largest contact interface between the two FdsBG protomers within the asymmetric unit of the
crystal is between the two FdsB thioredoxin-like domains, suggesting that these contribute significantly
to the dimerization of the holoenzyme.
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The buried area is small (~560 Å2), however, with only a few specific interactions across the
interface, which are not highly conserved among the NADH dehydrogenase family. In addition,
FdsBG remains monomeric throughout purification. It thus appears that the dimer seen in the
asymmetric unit is simply the result of crystal packing [29,30].

8. Electron Transfer in FdsBG

During normal turnover with holoformate dehydrogenase, reducing equivalents from the oxidation
of formate pass from the active site molybdenum center through a chain of iron–sulfur clusters to
the FMN, which ultimately reduces NAD+. FdsBG is able to reduce NAD+, as are the corresponding
subcomplexes from NADH dehydrogenases [31,32] and the NAD+-reducing hydrogenase [33].
Consistent with the Fe4S4 cluster of FdsB being on-path between the molybdenum center and
FMN, it lies close to the C8-methyl of FMN and to highly conserved surface residues that are implicated
in the interaction of FdsB with FdsA (i.e., E441B–S487B, I451B–G452B, and K292B–L298B). By contrast,
the Fe2S2 cluster of FdsG lies further from the region implicated in FdsA binding. Nevertheless,
as summarized in Scheme 1, the present evidence indicates that the initial electron transfer event out
of the FMN in FdsB upon reduction by NADH is to the off-path Fe2S2 cluster, which has the higher
reduction potential relative to the on-path Fe4S4 cluster. In the case of the NADH dehydrogenases,
a similar electron transfer to the Fe2S2 cluster is thought to minimize formation of neutral flavin
semiquinone, FMNH·, thereby reducing the accumulation of reactive oxygen species [20,22].

9. Concluding Remarks

The cytosolic and NAD+-dependent formate dehydrogenase is fully capable of catalyzing the
reduction of CO2 to formate using NADH as a source of reducing equivalents. The values for the forward
and reverse steady-state kinetic parameters are consistent with the expected Haldane relationship.
The addition of an NADH-regenerating system consisting of glucose and glucose dehydrogenase
increases the yield of formate approximately 10-fold, suggesting the commercial potential of the
enzyme as an effective means of CO2 remediation.

A consideration of the recently reported structure of the FdhD sulfurase that transfers a catalytically
essential sulfur to the maturing molybdenum cofactor prior to insertion into apoenzyme suggests that
the cofactor may first be transferred to the C-terminal cap domain of apo formate dehydrogenase,
which then closes over the body of the enzyme to assemble the active site, rather than transferring the
cofactor directly to the body of the protein.

The X-ray crystal structure of the FdsBG fragment of the C. necator formate dehydrogenase is
reviewed, as are the kinetics of its reduction by NADH. Notably, the neutral semiquinone FMNH· is
observed transiently in the course of the reaction of FdsBG with NADH. In a reaction analogous to
the physiological reduction of NADH dehydrogenases by NADH, after initial reduction of the FMN
of FdsB by NADH to the hydroquinone (with a kred of 680 s−1 and Kd of 190 μM), one electron is
rapidly transferred to the Fe2S2 cluster of FdsG, leaving FMNH·, as characterized by both UV/visible
spectroscopy and EPR. The Fe4S4 cluster of FdsB does not become reduced in the process.

Finally, we note that the cryo-EM structure of the R. capsulatus formate dehydrogenase, which is
very similar to the C. necator enzyme that has been the focus here, has very recently been reported at
a resolution of 3.3 Å [34]. The overall structure of the FdsBG fragment of the R. capsulatus protein is
very much in agreement with that described here for the C. necator protein, and the overall structure
is also in good agreement with that predicted previously on the basis of the structures of the E. coli
FdhF formate dehydrogenase and the T. thermophilus NADH dehydrogenase [10]. Not previously
anticipated is the proximity (9.5 Å edge-to-edge) of the Fe4S4 clusters designated A4 in the two
FdsA subunits of the dimeric Fds(ABGD)2 dimer, which suggests reducing equivalents are able to
pass easily between protomers (a situation also seen in the even more complex formylmethanofuran
dehydrogenase from Methanothermobacter wolfeii [35]). Interestingly, the A4 Fe4S4 cluster is the one
possessing histidine as a ligand and presumably having a higher rather than lower reduction potential.
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Importantly, the cryo-EM work clearly demonstrates that the small FdsD subunit is an integral
component of the mature holoenzyme, interacting intimately with the C-terminal domain of FdsA
and apparently stabilizing the inserted molybdenum cofactor. The position of FdsD is not inconsistent
with the model for cofactor incorporation considered here, although its role in cofactor insertion
remains to be elucidated. Very interestingly, evidence is presented that cryo-EM is able to distinguish
between oxidized and reduced iron–sulfur clusters in complex systems. If found to be generally
applicable, this would constitute a very significant advantage of the cryo-EM method over other
structural methods and provide information presently obtainable by spatially resolved anomalous
dispersion refinement [36].

Author Contributions: R.H. supervised the EPR and kinetic work described here, and prepared the manuscript.
T.Y., S.H., and T.K.T. analyzed the X-ray crystallographic work with FdsBG under the supervision of G.M.B.,
who also contributed to preparation of the manuscript. D.N. performed the EPR and kinetic work described. X.Y.
performed the work involving CO2 reduction to formate under the supervision of A.M., who also contributed to
preparation of the manuscript. All authors have read and agreed to the published version of the manuscript.

Funding: This research was funded by a grant from the U.S. Department of Energy (DE-SC0010666 to R.H.).

Acknowledgments: We thank the staff of the following beamlines for their assistance in data collection: 5.0.1 and
5.0.2 of the Berkeley Center of Structural Biology at Advanced Light Source (ALS), 24-ID-C of the Northeastern
Collaborative Access Team at Advanced Photon Source (APS), and BL7-1 of the Stanford Synchrotron Radiation
Lightsource (SSRL). The Berkeley Center for Structural Biology is supported in part by the Howard Hughes
Medical Institute. The Advanced Light Source is a Department of Energy Office of Science User Facility under
Contract No. DE-AC02-05CH11231. The Pilatus detector on 5.0.1 was funded under NIH grant S10OD021832.
The ALS-ENABLE beamlines are supported in part by the National Institutes of Health, National Institute of
General Medical Sciences, grant P30 GM124169. The Northeastern Collaborative Access Team beamlines are
funded by the National Institute of General Medical Sciences from the National Institutes of Health (P30 GM124165).
The Advanced Photon Source is a U.S. Department of Energy (DOE) Office of Science User Facility operated for the
DOE Office of Science by Argonne National Laboratory under Contract No. DE-AC02-06CH11357. The Stanford
Synchrotron Radiation Lightsource, SLAC National Accelerator Laboratory, is supported by the U.S. Department of
Energy, Office of Science, Office of Basic Energy Sciences under Contract No. DE-AC02-76SF00515. The SSRL
Structural Molecular Biology Program is supported by the DOE Office of Biological and Environmental Research
and by the National Institutes of Health, National Institute of General Medical Sciences (including P41GM103393).
The contents of this publication are solely the responsibility of the authors and do not necessarily represent the
official views of NIGMS or NIH.

Conflicts of Interest: The authors declare no conflict of interest.

References

1. Pohlmann, A.; Fricke, W.F.; Reinecke, F.; Kusian, B.; Liesegang, H.; Cramm, R.; Eitinger, T.; Ewering, C.;
Potter, M.; Schwartz, E.; et al. Genome sequence of the bioplastic-producing “Knallgas” bacterium
Ralstonia eutropha H16. Nat. Biotechnol. 2006, 24, 1257–1262. [CrossRef] [PubMed]

2. Little, G.T.; Ehsaan, M.; Arenas-Lopez, C.; Jawed, K.; Winzer, K.; Kovacs, K.; Minton, N.P. Complete genome
sequence of Cupriavidus necator H16 (DSM 428). Microbiol. Resour. Announc. 2019, 8. [CrossRef] [PubMed]

3. Cramm, R. Genomic view of energy metabolism in Ralstonia eutropha H16. J. Mol. Microbiol. Biotechnol. 2009,
16, 38–52. [CrossRef]

4. Friedebold, J.; Bowien, B. Physiological and biochemical characterization of the soluble formate
dehydrogenase, a molybdoenzyme from Alcaligenes eutrophus. J. Bacteriol. 1993, 175, 4719–4728. [CrossRef]
[PubMed]

5. Friedebold, J.; Mayer, F.; Bill, E.; Trautwein, A.X.; Bowien, B. Structural and immunological studies on the
soluble formate dehydrogenase from Alcaligenes eutrophus. Biol. Chem. Hoppe Seyler 1995, 376, 561–568.
[CrossRef] [PubMed]

6. Oh, J.I.; Bowien, B. Structural analysis of the Fds operon encoding the NAD+-linked formate dehydrogenase
of Ralstonia eutropha. J. Biol. Chem. 1998, 273, 26349–26360. [CrossRef] [PubMed]

7. Sazanov, L.A.; Hinchliffe, P. Structure of the hydrophilic domain of respiratory complex I from
Thermus thermophilus. Science 2006, 311, 1430–1436. [CrossRef]

8. Berrisford, J.M.; Sazanov, L.A. Structural basis for the mecahnism of respiratory complex I. J. Biol. Chem.
2009, 284, 29773–29783. [CrossRef]

9. Efremov, R.G.; Baradaran, R.; Sazanov, L.A. The architecture of respiratory complex I. Nature 2010, 465,
441–445. [CrossRef]

113



Inorganics 2020, 8, 41

10. Hille, R.; Hall, J.; Basu, P. The mononuclear molybdenum enzymes. Chem. Rev. 2014, 114, 3963–4038. [CrossRef]
11. Boyington, J.C.; Gladyshev, V.N.; Khangulov, S.V.; Stadtman, T.C.; Sun, P.D. Crystal structure of formate

dehydrogenase H: Catalysis involving Mo, molybdopterin, selenocysteine, and an Fe4S4 cluster. Science
1997, 275, 1305–1308. [CrossRef] [PubMed]

12. Yu, X.; Niks, D.; Mulchandani, A.; Hille, R. Efficient reduction of CO2 by the molybdenum-containing
formate dehydrogenase from Cupriavidus necator (Ralstonia eutropha). J. Biol. Chem. 2017, 292, 16872–16879.
[CrossRef] [PubMed]

13. Niks, D.; Duvvuru, J.; Escalona, M.; Hille, R. Spectroscopic and kinetic properties of the
molybdenum-containing, NAD+-dependent Formate Dehydrogenase from Ralstonia eutropha. J. Biol. Chem.
2016, 291, 1162–1174. [CrossRef] [PubMed]

14. Yu, X.; Niks, D.; Ge, X.; Liu, H.; Hille, R.; Mulchandani, A. Synthesis of formate from CO2 gas catalyzed by
an O2-tolerant NAD+-dependent formate dehydrogenase and glucose dehydrogenase. Biochemistry 2019, 58,
1861–1868. [CrossRef] [PubMed]

15. Thomé, R.; Gust, A.; Toci, R.; Mendel, R.; Bittner, F.; Magalon, A.; Walburger, A. A sulfurtransferase is essential
for activity of formate dehydrogenase in Escherichia coli. J. Biol. Chem. 2012, 287, 4671–4678. [CrossRef]

16. Arnoux, P.; Ruppelt, C.; Oudouhou, F.; Lavergne, J.; Siponen, M.I.; Toci, R.; Mendel, R.R.; Bittner, F.;
Pignol, D.; Magalon, A.; et al. Sulphur shuttling across a chaperone during molybdenum cofactor maturation.
Nat. Commun. 2015, 6, 6148. [CrossRef]

17. Dow, J.M.; Grabel, F.; Sargent, F.; Palmer, T. Characterization of a pre-export enzyme-chaperone complex on
the twin-arginine transport pathway. Biochem. J. 2013, 452, 57–66. [CrossRef]

18. Dow, J.M.; Grahl, S.; Ward, R.; Evans, R.; Byron, O.; Norman, D.G.; Palmer, T.; Sargent, F. Characterization
of a periplasmic nitrate reductase in complex with its biosynthetic chaperone. FEBS J. 2014, 281, 246–260.
[CrossRef]

19. Young, T.; Niks, D.; Hakopian, S.; Tam, T.K.; Yu, X.; Hille, R.; Blaha, G.M. Crystallographic and kinetic analyses
of the FdsBG subcomplex of the cytosolic formate dehydrogenase from Cupriavidus necator. J. Biol. Chem.
2020, 295, 6570–6585. [CrossRef]

20. Schulte, M.; Frick, K.; Gnandt, E.; Jurkovic, S.; Burschel, S.; Labatzke, R.; Aierstock, K.; Fiegen, D.;
Wohlwend, D.; Gerhardt, S.; et al. A mechanism to prevent production of reactive oxygen species by
Escherichia coli respiratory complex I. Nat. Commun. 2019, 10, 2551. [CrossRef]

21. Marchler-Bauer, A.; Bo, Y.; Han, L.; He, J.; Lanczycki, C.J.; Lu, S.; Chitsaz, F.; Derbyshire, M.K.; Geer, R.C.;
Gonzales, N.R.; et al. CDD/SPARCLE: Functional classification of proteins via subfamily domain architectures.
Nucleic Acids Res. 2017, 45, D200–D203. [CrossRef]

22. Hinchliffe, P.; Sazanov, L.A. Organization of iron-sulfur clusters in respiratory complex I. Science 2005, 309,
771–774. [CrossRef] [PubMed]

23. Shomura, Y.; Taketa, M.; Nakashima, H.; Tai, H.; Nakagawa, H.; Ikeda, Y.; Ishii, M.; Igarashi, Y.; Nishihara, H.;
Yoon, K.S.; et al. Structural basis of the redox switches in the NAD(+)-reducing soluble [NiFe]-hydrogenase.
Science 2017, 357, 928–932. [CrossRef]

24. Ohnishi, T.; Ohnishi, S.T.; Salerno, J.C. Five decades of research on mitochondrial NADH-quinone
oxidoreductase (complex I). Biol. Chem. 2018, 399, 1249–1264. [CrossRef] [PubMed]

25. Reda, T.; Barker, C.D.; Hirst, J. Reduction of the iron-sulfur clusters in mitochondrial NADH:ubiquinone
oxidoreductase (complex I) by EuII-DTPA, a very low potential reductant. Biochemistry 2008, 47, 8885–8893.
[CrossRef]

26. Edmondson, D.E.; Tollin, G. Semiquinone formation in flavo- and metalloflavoproteins. Top. Curr. Chem.
1983, 108, 109–138. [PubMed]

27. Edmondson, D.E.; Ackrell, B.A.; Kearney, E.B. Identification of neutral and anionic 8 alpha-substituted flavin
semiquinones in flavoproteins by electron spin resonance spectroscopy. Arch. Biochem. Biophys. 1981, 208,
69–74. [CrossRef]

28. Palmer, G.; Mueller, F.; Massey, V. Electron Paramagnetic Resonance Studies on Flavoprotein Radicals.
In Third International Symposium of Flavins and Flavoproteins; Kamin, H., Ed.; University Park Press: Baltimore,
MD, USA, 1971; pp. 123–140.

29. Bliven, S.; Lafita, A.; Parker, A.; Capitani, G.; Duarte, J.M. Automated evaluation of quaternary structures
from protein crystals. PLoS Comput. Biol. 2018, 14, e1006104. [CrossRef]

30. Krissinel, E.; Henrick, K. Inference of macromolecular assemblies from crystalline state. J. Mol. Biol. 2007,
372, 774–797. [CrossRef]

114



Inorganics 2020, 8, 41

31. Yano, T.; Sled, V.D.; Ohnishi, T.; Yagi, T. Expression and characterization of the flavoprotein subcomplex
composed of 50-kDa (NQO1) and 25-kDa (NQO2) subunits of the proton-translocating NADH-quinone
oxidoreductase of Paracoccus denitrificans. J. Biol. Chem. 1996, 271, 5907–5913. [CrossRef]

32. Galante, Y.M.; Hatefi, Y. Purification and molecular and enzymic properties of mitochondrial NADH
dehydrogenase. Arch. Biochem. Biophys. 1979, 192, 559–568. [CrossRef]

33. Lauterbach, L.; Idris, Z.; Vincent, K.A.; Lenz, O. Catalytic properties of the isolated diaphorase fragment
of the NAD-reducing [NiFe]-hydrogenase from Ralstonia eutropha. PLoS ONE 2011, 6, e25939. [CrossRef]
[PubMed]

34. Radon, C.; MIttelStádt, G.; Duffus, B.R.; Bürger, J. Hartmann, T.; Mielke, T.; Teutloff, C.; Leimkühler, S.;
Wendler, P. Cryo-EM structures reveal intricate Fe-S cluster arrangement and charging in Rhodobacter
capsulatus formate dehydrogenase. Nat. Commun. 2020, 11, 1912. [CrossRef] [PubMed]

35. Wagner, T.; Ermler, U.; Shima, S. The methanogenic CO2 redcuing-and-fixing enzyme is bifunctional and
contains 46 [4Fe-4S] clusters. Science 2016, 354, 114–117. [CrossRef]

36. Spatzao, T.; Schlesier, J.; Burger, E.-M.; Sippel, D.; Zhang, L.; Andrade, S.L.A.; Rees, D.C.; Einsle, O.
Nitrogenase FeMoCo investigated by spatially resolved anomalous dispersion refinement. Nat. Commun.
2016, 7, 10902. [CrossRef]

© 2020 by the authors. Licensee MDPI, Basel, Switzerland. This article is an open access
article distributed under the terms and conditions of the Creative Commons Attribution
(CC BY) license (http://creativecommons.org/licenses/by/4.0/).

115





inorganics

Article

Susceptibility of the Formate Hydrogenlyase Reaction
to the Protonophore CCCP Depends on the Total
Hydrogenase Composition

Janik Telleria Marloth and Constanze Pinske *

Institute for Biology/Microbiology, Martin-Luther-University Halle-Wittenberg, 06108 Halle, Germany;
janik.telleria-marloth@student.uni-halle.de
* Correspondence: constanze.pinske@mikrobiologie.uni-halle.de; Tel.: +49-(0)-345-5526-353

Received: 23 April 2020; Accepted: 27 May 2020; Published: 28 May 2020

Abstract: Fermentative hydrogen production by enterobacteria derives from the activity of
the formate hydrogenlyase (FHL) complex, which couples formate oxidation to H2 production.
The molybdenum-containing formate dehydrogenase and type-4 [NiFe]-hydrogenase together with
three iron-sulfur proteins form the soluble domain, which is attached to the membrane by two
integral membrane subunits. The FHL complex is phylogenetically related to respiratory complex I,
and it is suspected that it has a role in energy conservation similar to the proton-pumping activity of
complex I. We monitored the H2-producing activity of FHL in the presence of different concentrations
of the protonophore CCCP. We found an inhibition with an apparent EC50 of 31 μM CCCP in the
presence of glucose, a higher tolerance towards CCCP when only the oxidizing hydrogenase Hyd-1
was present, but a higher sensitivity when only Hyd-2 was present. The presence of 200 mM
monovalent cations reduced the FHL activity by more than 20%. The Na+/H+ antiporter inhibitor
5-(N-ethyl-N-isopropyl)-amiloride (EIPA) combined with CCCP completely inhibited H2 production.
These results indicate a coupling not only between Na+ transport activity and H2 production activity,
but also between the FHL reaction, proton import and cation export.

Keywords: formate hydrogenlyase; hydrogen metabolism; energy conservation; MRP (multiple
resistance and pH)-type Na+/H+ antiporter; CCCP—carbonyl cyanide m-chlorophenyl-hydrazone;
EIPA—5-(N-ethyl-N-isopropyl)-amiloride

1. Introduction

Anaerobic or fermentative growth in the absence of oxygen requires that conservation of energy
is at its utmost efficiency. The reaction of the formate hydrogenlyase (FHL) complex contributes
indirectly to the generation of a proton gradient at the cytoplasmic membrane by consumption of
protons (H+) from the cytoplasm, diffusion of H2-gas across the membrane and subsequent oxidation
by the two periplasmic H2-oxidizing hydrogenases (Hyd-1 and Hyd-2) [1] (Figure 1). Hyd-1 forms a
redox loop, and Hyd-2 contributes directly to proton transfer from the cytoplasm to the quinone during
oxidation of H2 [1,2]. The hyaB and hybC genes encode the catalytic subunits of Hyd-1 and Hyd-2,
respectively [3]. This kind of intracellular syntrophy was initially described for Desulfovibrio species [4]
and more recently for Acetobacterium woodii [5]. The FHL complex of Escherichia coli is active during
mixed acid fermentation to disproportionate formate, which, when accumulated intracellularly, has
cytotoxic effects [6]. The two active sites of the FHL complex comprise the [NiFe]-hydrogenase 3 (HycE
protein) and the molybdenum- and selenium-containing formate dehydrogenase H (FdhH protein),
which function together with three electron-transferring iron-sulfur carrying subunits located in the
cytoplasm. Membrane attachment to the membrane-integral HycC and HycD subunits is required for
coupling of these half-reactions [7,8]. Our previous studies have shown that the FHL complex can
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work in reverse in resting cells, a reaction of great biotechnological interest for H2 and CO2 storage
as formate [8,9]. A second FHL complex with a predicted five instead of two membrane subunits is
encoded in the hyf -operon on the E. coli chromosome, but, presumably due to its low level of gene
expression, the activity of this enzyme complex is not detectable under our growth conditions [10,11].

Figure 1. Relevant enzyme complexes of this study, their reactions and their membrane localization.
Hyd-1 and Hyd-2 indicate the periplasmic H2-oxidizing hydrogenases, which channel electrons into the
quinone pool (Q), FHL—the cytoplasmic formate hydrogenlyase—and the membrane bound Na+/H+

antiporters. Further details are highlighted in the main text.

When the phylogenetic relationship between the FHL complex and complex I was discovered,
energy conservation by proton-pumping of the complex was also assumed [12,13]. The hydrogenase
3 (HycE protein) belongs to the class 4 hydrogenases and is similar to the Ech (Energy-converting
hydrogenase) hydrogenases, which were shown to generate proton gradients during catalysis [14].
However, while studying FHL bidirectionality as the basis for analyzing the influence of ionophores,
we unexpectedly found that the protonophore carbonyl cyanide m-chlorophenyl-hydrazone (CCCP)
showed only a 40% inhibition of the H2 production activity and a 30% increase of the reverse formate
production reaction from H2 and CO2 [8].

It was speculated that due to the small difference in standard redox potentials of formate
(E0
′ = −432 mV, pH 7.0) and H2 (E0

′ = −414 mV, pH 7.0), redox energy for proton translocation
becomes available only when the physiological conditions shift to a more acidic pH [15].
However, the reversibility of an artificially coupled hydrogenase and formate dehydrogenase reaction
from Desulfovibrio via an electrode was able to mimic the FHL reaction in both directions in vitro
without dependence of the reaction on energy provision [16]. Instead, a controversially discussed
model of a multienzyme transport supercomplex comprising F1F0-ATPase, the K+-transporting TrkA
symporter and the FHL(-2) complex was suggested for energetic coupling [17,18]; however, its existence
still requires verification (reviewed in [19]). Therefore, both the necessity for and the role of the FHL
complex’s membrane attachment in energy conservation remains to be resolved.

In the present work we have systematically re-examined the CCCP effect on FHL activity, whereby
we combined different CCCP concentrations with use of different carbon sources to initiate FHL activity
in strains either bearing or lacking the H2-oxidising Hyds. We found that ultimately all strains could be
inhibited by CCCP, but strains lacking Hyd-1 required lower, and those lacking Hyd-2 required higher,
concentrations of CCCP for inhibition. Based on the relationship of the membrane subunit HycC to
Na+/H+ (MRP)-type antiporters, we further addressed the question of whether the FHL reaction is
driven by or is contributing to the pmf and if it might be linked to the sodium motive force. We present
strong evidence for a dependence of the FHL reaction on proton influx and sodium export.
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2. Results and Discussion

2.1. CCCP Inhibits H2 Production to Different Degrees Depending on the Hydrogenase Composition

Cell suspensions initiate H2 production after the anaerobic addition of either formate or glucose,
the latter requires metabolizing by the cells to formate prior to H2 production. Consequently,
the mixed-acid fermentation yields 2 mol formate per mol glucose (reviewed in [3]). Formate is the
direct substrate for the FHL complex, but its import via the formate channel FocA could mask the effects
seen. FocA behaves as a pH-dependent channel in vitro, while its activity is mostly determined by its
interaction with the pyruvate formate lyase protein PflB in vivo [20]. It is feasible that formate export
across the membrane contributes to pmf generation by proton symport, but the import mechanism
is unresolved, except that it only occurs when formate-consuming reactions in the cytoplasm can
take place [21]. Therefore, the apparent 1.3 mol H+ that are translocated across the membrane
per mole of formate oxidized during the FHL reaction could be indirect [22]. On the other hand,
the transport of glucose across the membrane is PTS (phosphotransferase system)-dependent, where
phosphoenolpyruvate provides the phosphoryl group for the incoming glucose in a pmf -independent
manner [23]. Our parallel experimental design circumvents the fact that indirect effects through the
transport of the carbon source into the cells are observed.

The parental strain MC4100, the isogenic hyaB deletion strain CP630, which lacks Hyd-1 activity,
the isogenic hybC deletion strain CP631, which lacks Hyd-2 activity, or the hyaB hybC double deletion
strain CP734 were grown under the optimal conditions for FHL activity. Subsequently, cells were
harvested and suspensions used on a modified Clark-type electrode to monitor H2 production.
The strains showed initial activities very similar to each other in the presence of the same carbon
source, but generally higher activity was observed in the presence of formate than glucose (Table 1).
A strain lacking the genes for the FHL complex (HDK103) did not produce H2 under these conditions,
supporting the observation that the second FHL is inactive under the conditions tested here [10].

Table 1. H2 production rates in nmol H2·min−1·mg−1 ± standard deviation from at least three
independent biological samples.

Strain 1 Glucose Formate

MC4100 69 ± 12 160 ± 47
CP630 (ΔhyaB) 74 ± 23 173 ± 13
CP631 (ΔhybC) 101 ± 15 145 ± 20

CP734 (ΔhyaB ΔhybC) 114 ± 24 121 ± 13
1 Strains were grown in TGYEP, pH 6.5 medium for 16 h at 30 ◦C, cells harvested and suspended in 50 mM Tris/HCl,
pH 7.0, prepared and assayed on the Clark-type electrode.

When CCCP concentrations of 100 μM were employed, the effect this had on the H2 production
was strain dependent. A previous study from our lab had shown that 100 μM CCCP caused a slight
inhibition of the H2 production rate in a strain with a similar Hyd composition to CP734 [8]. If indeed
proton translocation is directly performed by the FHL complex, then CCCP would be expected to cause
an increase of the activity, not a decrease. Nevertheless, 100 μM CCCP caused complete inhibition of
H2 production by the parental strain MC4100 independent of the employed carbon source. The slope
of the H2 production even inverted (i.e., H2 oxidation) after CCCP addition (Figure 2), which indicates
consumption of the produced H2 within the electrode system and indicates the activity of H2-oxidation
reactions, which are usually not performed by the FHL complex, but by the H2-oxidizing Hyd-1 and
Hyd-2 enzymes, indicating they are responsible for the difference.

119



Inorganics 2020, 8, 38

Figure 2. Different degrees of inhibition by protonophore carbonyl cyanide m-chlorophenyl-hydrazone
(CCCP). Panel A shows H2 production from the strains MC4100 (parental, black curves) and CP734
(ΔhyaB ΔhybC, orange curves) while panel B shows the strains CP630 (ΔhyaB, blue curves) and CP631
(ΔhybC, purple curves) after addition of either 14 mM glucose (dashed lines) or 50 mM formate (solid
lines). When H2 production was linear, a final concentration of 100 μM CCCP was added to the reaction
vessel, as indicated by the red arrows.

In the next step, strains lacking the genes encoding the large subunit of either Hyd-1 (ΔhyaB,
strain CP630) or Hyd-2 (ΔhybC, strain CP631) were used in the same experimental setup. While the
Hyd-2-deficient strain CP631 (purple curves) mimics the H2 production curves of the double deletion
strain CP734 (ΔhyaB ΔhybC) after CCCP addition, the Hyd-1 deficient strain CP630 (blue curves) looks
very similar to the parental curves and negative slopes after CCCP addition is observed. It can be
further observed that the effect of CCCP addition is not immediate, but H2 production rates shift rather
gradually. For the direct dependence of an activity on pmf, we have previously observed immediate
and complete effects of CCCP addition on the activity [2], suggesting an indirect effect of CCCP occurs
here. Notably, the addition of other protonophores like 2,4-dinitrophenol (DNP) up to 1 mM had
no effect on the H2 production activity of the cells, similar to what was observed before at lower
concentrations [8]. Taken together, this indicates that the effect of CCCP on FHL activity is indirect.

2.2. Hyd-1 Confers Resistance and Hyd-2 Sensitivity of H2 Production to CCCP

In order to quantify the effect of CCCP on the FHL activity, we calculated the apparent EC50 (half
maximal effective concentration) values (Table 2). For that purpose, we analyzed the H2 production
on the electrode, and at about 100 nmol H2, different concentrations of CCCP were added to the
reaction. Figure 3A shows an example of the effect of the CCCP addition on strain CP630 (ΔhyaB).
A concentration of 1 and 10 μM did not significantly alter the slope of H2 production, while 50
and 100 μM CCCP clearly slowed down the reaction, and 200 μM led to complete stagnation of H2

production. A further increase to 400 μM CCCP revealed negative slopes, indicating re-oxidation of
H2 by Hyd-2. Due to slight variations in the initial FHL activities, the reduction of activity after CCCP
addition was calculated as the ratio of the activity after CCCP addition to the activity before its addition
(Figure 3B). In the case of a negative slope, the ratio after CCCP addition was calculated as zero.

Table 2. Apparent EC50 values of CCCP inhibition.

Strain 1 Glucose Formate

MC4100 31 μM 81 μM
CP630 (ΔhyaB) 0.13 μM 42 μM
CP631(ΔhybC) 125 μM 223 μM

CP734 (ΔhyaB ΔhybC) 98 μM 348 μM
1 The same cell suspensions were used for the glucose and formate experiments. The same amount of total cell protein
(1 mg) was used for the different strains. All values were calculated from at least five different CCCP concentrations.
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Figure 3. Dose-dependent effect of CCCP. (A) Strain CP630 (ΔhyaB) was used as a representative strain
for CCCP inhibition after initiation of the reaction with 50 mM formate and linear slope; the designated
concentrations of CCCP were added at the time points encircled in red. (B) The apparent EC50 values
of this set of activities were calculated from the ratio of slopes after and before CCCP addition and
subsequent fitting with the EC50 function in SigmaPlot.

An apparent half-maximal inhibition (EC50) of H2 production can be observed at 31 μM CCCP
with glucose or 81 μM CCCP with formate as substrate in strain MC4100 (Table 2). These higher
concentrations of CCCP, which are required in the presence of formate compared to glucose, reflect the
higher initial activities in the presence of formate (Table 1). The double deletion strain CP734 (ΔhyaB
ΔhybC) only showed reduction of H2 production at elevated CCCP concentrations, which is reflected
in the increased apparent EC50 values. For example, we observed complete inhibition of MC4100
(glucose initiated) at 50 μM CCCP but in strain CP734 only at 500 μM CCCP. Looking at the effect of
single deletions of the two H2-oxidizing Hyd in strains CP630 and CP631, respectively, then the Hyd-1
deletion (ΔhyaB, strain CP630) caused increased sensitivity to CCCP compared to the parental MC4100,
while the Hyd-2 deletion (ΔhybC, strain CP631) increased resistance to CCCP similar to the double
deletion strain CP734 (Table 2).

Hyd-1 has a lower catalytic activity than Hyd-2 [24,25], while at the same time it has a similar
abundance in the membrane under the conditions used to grow the cells here [26]. It is possible that the
inactivation of Hyd-1 in strain CP630 results in elevated amounts of Hyd-2 because more maturation
enzymes for cofactor construction and more membrane space are available. Hyd-2 is the enzyme that
contributes to pmf generation [27], and the data show that Hyd-2 but not Hyd-1 catalyzes the oxidation
of H2 at high CCCP concentrations. CCCP enhances Hyd-2 activity by removing the back-pressure of
the pmf on the enzyme. When assayed directly, the effect is not very prominent because the enzyme
works at its catalytic optimum, but in variants that exhibit difficulties in transferring electrons across the
membrane, the effect is more pronounced [2]. Electrons from Hyd-2 are concomitantly channeled into
the quinone pool for reduction of electron acceptors like fumarate, which can be internally produced
during mixed-acid fermentation when glucose is provided to the cells [28]. Therefore, negative slopes
occur mostly when Hyd-2 is present and glucose is provided. This does not account for H2 oxidation
in the presence of formate; however, we cannot currently explain this effect (Figure 3A). The higher
amounts of Hyd-2 enzyme in combination with its CCCP-elevated activity account for the apparent
higher CCCP sensitivity in the absence of Hyd-1. Therefore, the absence of Hyd-2 confers resistance,
and the absence of Hyd-1, resulting in a concomitant increase in Hyd-2 levels, causes sensitivity
to CCCP.

CCCP is, however, also effective at stalling the H2 production when Hyd-1 and Hyd-2 are both
absent, albeit only at higher concentrations, but independent of the given carbon source. Hence,
a secondary effect, exclusively based on FHL activity, must occur. When, in an unrelated study,
a proteorhodopsin was expressed in E. coli cells, the H2 production from FHL was increased upon
light exposure, which initiates proton-pumping activity of the proteorhodopsin [29] and supports the
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observed pmf -consumption during H2-evolution observed here. We can exclude a direct inhibition of
either the hydrogenase or formate dehydrogenase half-reaction of the FHL complex. When assayed
independently of one another with benzyl viologen redox dye, crude extracts from strain CP734
showed a hydrogenase activity of 2.43 ± 0.48 U mg−1 in the absence and 2.36 ± 0.42 U mg−1 in the
presence of CCCP. The formate dehydrogenase activity was similarly unaltered with an activity of
0.26 ± 0.09 U mg−1 without and 0.27 ± 0.07 U mg−1 with CCCP present.

2.3. CCCP Promotes the Reverse FHL Reaction

Due to the inhibitory effect of CCCP addition on the H2 production of FHL, we investigated its
effect on the reverse FHL reaction, which can be initiated if resting cells are incubated under elevated
pressure of H2 and CO2 gas mix, as exploited before [8,9]. The reverse reaction was tested in the
presence of different concentrations of CCCP, and the resulting formate concentration secreted by the
cell suspensions at the equilibrium state was subsequently analyzed using HPLC (Figure 4). While
cells produced 23 mM formate in the absence of CCCP in a strain that lacked Hyd-1 and Hyd-2, no
formate formation was observed in the parental strain MC4100 under these conditions. The amount of
formate initially decreased in the presence of 1, 10 and 50 μM CCCP, was then similar to no addition in
the presence of 75 μM CCCP and finally increased to 180 mM formate when 500 μM CCCP was added.
The parental strain MC4100 only showed formate production when 200 μM CCCP or more was present
but eventually produced 157 mM formate in the presence of 500 μM CCCP (Figure 4). This difference
between the two strains clearly showed that when Hyd-1 and Hyd-2 are present (strain MC4100),
H2 oxidation by these enzymes is the preferred route for H2 oxidation to the FHL reverse reaction.
Generally, an increase of the CCCP concentration resulted in an increase of formate production. If the
CCCP effect was pmf -mediated, then this could be interpreted as CCCP-mediated relief of the pmf
counter-pressure during the reverse FHL reaction. An alternative explanation is provided by the
proton symport of the formate channel FocA during export, which would be enhanced in the presence
of CCCP, thus removing cytoplasmic formate from the reaction and, therefore, shifting the equilibrium
of the FHL reaction towards formate production.

 

Figure 4. CCCP-dependent increase in formate synthesis by FHL. Strains MC4100 (parental, black
dots) and CP734 (ΔhyaB ΔhybC, orange dots) were triggered for formate production in the presence
of different concentration of CCCP as indicated (described in the Materials and Methods section).
Each dot represents the average of three biological replicates with standard deviation.

2.4. The DTT Reversal of the CCCP Effect Is Not Mediated by Hyd-2 Activity

It has been observed that the effects of CCCP can be generally relieved by addition of dithiothreitol
(DTT) [30] and also specifically restore the activity of FHL with DTT after CCCP inhibition [17]. Initially,
it was verified that the addition of DTT on its own had no effect on the H2 production rate of MC4100
(Figure 5A). Once the H2 production was CCCP-inhibited, the addition of DTT was able to gradually
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restore H2 production up to the rate it had been before CCCP addition (Figure 5A). We also observed
that the DTT relief of CCCP inhibition is independent of the strain used, indicating that the presence
of Hyd-2 or Hyd-1 is not essential for the reversibility. Furthermore, CCCP was unable to inhibit H2

production when it was already pre-incubated with DTT (red curve in Figure 5A).

 

Figure 5. DTT effect. (A) Electrode traces of MC4100 cells producing H2 from either glucose (grey
curves) or formate (black curves). CCCP addition (red arrow, 100 μM) and DTT addition (white arrow,
5 mM) are indicated. The red trace shows the combined addition of DTT and CCCP (striped red arrow).
(B) Electrode trace of strain HDK103 (ΔhyaB ΔhycA-I) showing the activity of Hyd-2 as H2 oxidation of
H2-saturated buffer after the addition of 15 mM fumarate. The white arrow indicates the addition of
5 mM DTT. (C) Absorption spectra of CCCP solution (black), CCCP solution after DTT addition (red)
and DTT alone (grey). The arrows indicate the respective maxima.

We were recently able to show that Hyd-2 contributes to pmf generation in an electrogenic fashion
that is susceptible to CCCP addition [2,27]. If CCCP addition substantially increased Hyd-2 activity to
the amount where it outcompeted the H2 production of the FHL complex and thus reduced the overall
H2 production, then the DTT addition would inhibit Hyd-2 H2-oxidizing activity and consequently
restore overall H2 production. Strain HDK103 (ΔhyaB ΔhycA-I), which only synthesizes active Hyd-2
enzymes, was used to investigate whether DTT addition influenced the H2-oxidizing activity of Hyd-2.
H2-saturated buffer was applied to the electrode, and cell suspension was added before the reaction was
initiated with 15 mM fumarate as electron acceptor and the H2 trace recorded (Figure 5B). The addition
of 5 mM DTT is indicated but did not inhibit H2 oxidation. Hence, DTT did not inhibit the H2-oxidizing
activity of Hyd-2, and restoration of overall H2 production is caused otherwise.

It is noteworthy that a redshift of the CCCP spectrum in the presence of DTT was observed, where
the absorbance maximum shifts from 381 nm to 405 nm (Figure 5C). The reaction of CCCP derivatives
with thiols has been characterized [31] and showed that they are inactivated in the reaction in the
presence of DTT. Taken together, this supports the observation made above that the observed effects of
CCCP are not merely due to its protonophore activity but rather could be attributed to its interaction
with thiols from cysteine residues, possibly those within the FHL complex. Cysteine residues are
essential for electron transfer within the FHL complex by coordinating the metal cofactors. Recently,
the number of free thiols was determined and was reduced in strains unable to synthesize a functional
FHL complex [32]. However, an inactivation of CCCP by DTT and re-formation of the pmf by the cell
can also not be excluded.

2.5. Effect of Monovalent Cations on FHL Reactions

CCCP has been described to collapse both the ΔpH and the transmembrane electrical gradient
(ΔΨ) component of the pmf [33]. It has been observed that FHL is more active and the hyc-genes
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more strongly expressed under acidic conditions [34,35]. While a ΔpH collapse would increase the
availability of protons to the hydrogenase active site in the cytoplasm, and hence increase substrate
availability, the ΔΨ collapse represents reduction of the outer positive charge and inner negative
charge of the membrane. In order to investigate the possibility that the apparent pmf dependence
could be due to the ΔΨ collapse mediated by CCCP, we analyzed the effects of cation addition on
H2 production.

Kinetic experiments on the electrode showed reduction of the H2 production rate when increasing
concentrations of Na+ ions were present. The rates were reduced by 27% in strain CP734 in the presence
of 200 mM sodium compared to in its absence (Figure 6A). When 100 μM CCCP was added to any
of the reactions, the reduction was between 40%–50%, regardless of the sodium ion concentration
present (Figure 6A, grey dots). Therefore, the presence of NaCl did not enhance the effect of CCCP in
this strain.

 

Figure 6. Effect of cations on H2 production. Panel (A) shows the kinetic H2 production rates of CP734
cells in the presence of different concentrations of NaCl (black dots) and in combination with 100 μM
CCCP (gray dots). Reactions were initiated with 50 mM formate. Each point represents the average of
two independent biological experiments with the respective standard deviation. The trend lines were
calculated using linear regression. Panel (B) shows the H2 content in the headspace of a 7 mL culture
tube of MC4100 (black graphs) or CP734 (ΔhyaB ΔhybC, orange graphs) after anaerobic overnight
growth in M9-minimal medium with 0.8% (w/v) glucose in the presence of NaCl or KCl as indicated.
(C) The formate concentration of cultures from panel B was quantified using HPLC, as described in
the Materials and Methods section. All values represent the average of three independent biological
replicates and their standard deviations.

The net charge of the ions remains unaltered through the addition of NaCl or KCl, because the
chloride counterion is present. However, the cation/H+ antiporters counteract the increased salt
concentrations that challenge the cell and concomitantly excrete excess cations, which is accompanied
by an increased H+ influx. It was observed that ΔΨ decreased over the first 15–20 min after addition of
KCl or NaCl [36], hence within the time-frame where H2 production was monitored. Apparently, it is
this disturbance of the electrical gradient that is detrimental to H2 production by FHL.

Similarly, when cells were already grown in the presence of different concentrations of Na+ or
K+ ions and subsequently the H2 content in the headspace sampled by gas chromatography (GC),
which indirectly reflects the activity of the FHL complex, a reduction in the presence of increasing
concentrations of Na+ ions could be observed (Figure 6B). Strain CP734 (ΔhyaB ΔhybC) showed an
increased H2 accumulation by 30%–70% compared to its parent MC4100 under all conditions. This
effect is due to the absence of Hyd-1 and Hyd-2 enzymes, which oxidize part of the produced H2.
The H2 content of strain MC4100 was reduced by 36% and 48% in the presence of 200 mM and 500 mM
NaCl, respectively, while strain CP734 showed a similar reduction of 26% and 42% in the presence of
200 and 500 mM NaCl, respectively. This further supports the notion that H2 oxidation, and hence the
activity of the H2-oxidizing enzymes, was not increased in response to NaCl. To verify whether the
effect of Na+ ions was specific, 200 mM K+ ions were used instead and showed an identical reduction
of the H2 content by 35% and 22% for MC4100 and CP734, respectively. Therefore, the reduction was
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not specific for a particular cation. However, Na+-transport was shown to be K+ dependent in E. coli,
albeit not by direct exchange but rather is H+-antiport coupled [37]. This interconnection of the two
cation transport systems could explain the similar effect of both cations.

Headspace H2 derives from supplemented glucose given to the cells during growth, which is
converted to formate as one of the products of mixed-acid fermentation. Elevated concentrations of
500 mM Na+-ions reduced the amount of produced H2 (Figure 6B). In order to identify the fate of the
carbon, the formate concentration was determined. The cultures had reduced formate amounts by
35% and 29% for MC4100 and CP734, respectively (Figure 6C). Other key metabolites of the mixed
acid fermentation like succinate and acetate were similarly reduced under high salt conditions (data
not shown). At the same time, the growth of the cultures was reduced by only 15% and was therefore
not the main reason for the reduced formate production. This result indicates that under high salt
conditions formate is not accumulated because of FHL inhibition, but rather, more generally, the entire
mixed-acid fermentation was reduced.

2.6. The Na+ Ionophore EIPA Enhances CCCP Inhibition

The sodium concentration of the cell is maintained by Na+/H+ antiporters that reside in the cell
membrane and also function in regulation of the intracellular pH. E. coli synthesizes three MRP-type
antiporter proteins (NhaA, NhaB and ChaA), which are responsible for Na+/H+ exchange [38].
Intriguingly, this class of Na+/H+ antiporters is homologous to the HycC protein of the FHL
membrane domain and to the NuoLMN (E. coli nomenclature) proteins, the proton-pumping
subunits of the NADH-oxidizing complex I [39]. Some of these antiporters, especially those
homologous subunits within the membrane domain of respiratory complex I, can be inhibited
by EIPA (5-(N-ethyl-N-isopropyl)-amiloride) [40]. Klebsiella pneumoniae complex I was shown to
translocate Na+ ions instead of protons and some evidence for Na+ translocation of E. coli complex
I exists, but this might merely be a secondary effect [41,42]. In addition, in thermophilic organisms
like Thermococcus onnurineus, energy conservation functions in an intricate mechanism that couples
formate oxidation with concomitant H2 production for the generation of a proton gradient. This proton
gradient is subsequently converted into a Na+ gradient by a Na+/H+-antiporter and then employed by
a Na+ ATPase for ATP synthesis [43].

Due to the observed reduction of H2 production by NaCl, we tested the effect EIPA had on the
H2 production of FHL and found that, on its own or combined with 200 mM NaCl, the effects were
negligible as described before [8]. Surprisingly, however, when EIPA and CCCP were given shortly
after each other, they were able to inhibit H2 production completely (Figure 7A). A similar effect was
also determined for strain CP734 (ΔhyaB ΔhybC, Figure 7B); however, inhibition of H2 production was
not as complete as for MC4100. EIPA on its own also had no effect (Figure 7B). Notably, inhibition
was also not complete for MC4100 when the reaction was started with formate instead of glucose
(Figure 7C), and no effect was seen in strain CP734 (ΔhyaB ΔhybC) when formate was used to initiate
the H2 production (Figure 7D). This indicates that the activity of the Na+/H+ antiporter plays a crucial
role during H2 production from glucose. However, the MRP-type membrane subunit HycC of the FHL
complex, which is essential for the reaction, is not inhibited by EIPA. Taken together, this could imply
that a H+ gradient is converted into a Na+ gradient at the cell membrane during catalysis and that the
FHL reaction couples both. Further experiments will be necessary to find the target of the ionophores.
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Figure 7. Effect of EIPA combination with CCCP. Cells of MC4100 (black, panels (A) and (C)) or CP734
(orange, panels (B) and (D)) were grown anaerobically in TGYEP, pH 6.5, and applied to the electrode
as described in the Materials and Methods section. The reaction was initiated with glucose (top panels
(A) and (B)) or formate (bottom panels (C) and (D)). Where indicated, 50 μM CCCP (red arrows) or
50 μM EIPA (black arrows) were added to the reaction.

3. Materials and Methods

3.1. Strains and Growth Conditions

Strains are listed in Table 3. Strains CP630 and CP631 were constructed using P1kc-mediated
phage transduction of the ΔhyaB and ΔhybC alleles of the Keio-collection strains JW0955 and JW2962,
respectively, as described [44]. Strains were routinely grown aerobically in LB medium or on LB agar
plates at 37 ◦C. For analysis of FHL activity, the strains were grown anaerobically as standing liquid
cultures for 16 h in 50 mL TGYEP medium, pH 6.5 (1% (w/v) tryptone, 0.5% (w/v) yeast extract, 0.1 M
potassium phosphate buffer, pH 6.5, 0.8% (w/v) glucose) at 30 ◦C [45]. Cultures for H2 headspace and
HPLC analyses were grown in phosphate-buffered M9-minimal medium supplemented with 0.8%
(w/v) glucose as described [46]. When indicated, sterile solutions of NaCl or KCl were added. CCCP
was used at 100 μM unless otherwise indicated. Cultures were harvested by centrifugation at 4000× g
for 15 min at 4 ◦C, resuspended in 800 μL 50 mM Tris/HCl, pH 7.0, and kept on ice until further use.

Table 3. Strain list.

Strain Genotype Reference

MC4100 F- araD139 Δ(argF-lac)U169 λ rpsL150 relA1 deoC1 flhD5301 Δ(fruK-yeiR)725(fruA25), rbsR22,
Δ(fimB-fimE)632(::IS1) [47]

CP630 Like MC4100, but ΔhyaB This study
CP631 Like MC4100, but ΔhybC This study
CP734 Like MC4100, but ΔhyaB ΔhybC [24]

HDK103 Like MC4100, but ΔhyaB ΔhycA-I [48]

3.2. Enzymatic Assays

The kinetic activity of the FHL complex was determined on a modified Clark-type electrode
equipped with an OXY/ECU module (Oxytherm, Hansatech Instruments, Norfolk, UK) to reverse the
polarizing voltage to −0.7 V. A volume of 2 mL degassed 50 mM Tris/HCl buffer, pH 7.0, at 30 ◦C was
added to the chamber prior to adding 50 μL of cell suspension. The reaction was started either with
50 mM formate or with 14 mM glucose. When the effect of sodium ions was studied, the ammonium
salt of formate was used to initiate the reaction, which increased the pH by 0.02 units. The amount
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of H2 was calibrated as described [49]. EC50 values were calculated with Origin Pro 2017G software
(OriginLab, Northampton, MA, USA). The protein content of the respective cell suspensions was
determined using the method of Lowry in a micro-scale assay [50]. Optical densities and spectra were
recorded with a Tecan plate reader.

The H2 content of the gas headspace of a 15-mL Hungate tube filled with 7 mL of culture was
determined using gas chromatography with a GC2010 Plus Gas Chromatograph (Shimadzu, Kyõto,
Japan) as described [39].

For the reverse FHL reaction, the cells were initially grown anaerobically in TGYEP, pH 6.5, for 16
h at 30 ◦C, harvested and resuspended in 50 mM Tris/HCl, pH 7.5. Cell suspensions were further
mixed with different concentrations of CCCP, as indicated, and incubated under 2 atm pressure of
H2 and CO2 1:1 mixture for 16 h at 37 ◦C. Cells were then removed by filtration through a 0.2 μM
filter and supernatants applied to an HPLC system equipped with an Aminex HPX-87H column
(Bio-Rad, Hercules, CA, USA), and formate concentrations were determined as previously described [8].
The culture supernatant was centrifuged and subsequently passed through a 0.2 μM filter prior to
loading onto the HPLC system.

Calorimetric assays of FdhH activity and hydrogenase activity were carried out with crude extracts
from anaerobically grown cells. The cells were harvested, sonicated for 2 min at 20 W with 0.5 s pulses
and briefly centrifuged. Anaerobic cuvettes were prepared containing 0.8 mL 50 mM Tris/HCl buffer,
pH 7.0, and 4 mM benzyl viologen. The FdhH reaction was started with 15 mM formate, and the
hydrogenase reaction was started by adding crude extract to the cuvettes after exchange of the N2

headspace with H2. The signal at 600 nm was recorded, and an EM value of 7400 M−1 cm−1 was
assumed for reduced benzyl viologen. Data were derived from three independent biological replicates.
Protein concentration was determined using the Lowry method [50].

4. Conclusions

The data presented here confirm CCCP-dependent inhibition of FHL activity. Here, we quantified
this effect for the first time and saw striking differences depending on the presence of active H2-oxidizing
Hyd enzymes. The CCCP-dependent inhibition showed clearly that FHL did not contribute to proton
translocation across the membrane, and in contrast, the data suggest it is driven by proton influx.
Nevertheless, the data further highlight that the effect of CCCP might not be due to its protonophore
activity but might rather be indirect, either by interacting with thiol groups within the complex or by
disturbing the charge distribution at the membrane. The absence of an effect of another protonophore
on the H2 production further supports this finding. The sodium/potassium inhibition of the H2

production showed that in order for it to function most effectively, the FHL complex requires low
external cation concentrations. Our data clearly suggests that H2 production couples H+ influx with
Na+ efflux. However, evidence shows that it is not the MRP antiporter subunit HycC of the FHL
complex that is directly involved, but rather it is the cation/H+ antiport of the membrane that influences
H2 production.
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Abstract: [Fe]-hydrogenase (Hmd) catalyzes the reversible heterolytic cleavage of H2, and hydride
transfer to methenyl-tetrahydromethanopterin (methenyl-H4MPT+). The iron-guanylylpyridinol
(FeGP) cofactor, the prosthetic group of Hmd, can be extracted from the holoenzyme and inserted
back into the protein. Here, we report the crystal structure of an asymmetric homodimer of Hmd from
Methanolacinia paynteri (pHmd), which was composed of one monomer in the open conformation with
the FeGP cofactor (holo-form) and a second monomer in the closed conformation without the cofactor
(apo-form). In addition, we report the symmetric pHmd-homodimer structure in complex with
guanosine monophosphate (GMP) or guanylylpyridinol (GP), in which each ligand was bound to the
protein, where the GMP moiety of the FeGP-cofactor is bound in the holo-form. Binding of GMP and
GP modified the local protein structure but did not induce the open conformation. The amino-group
of the Lys150 appears to interact with the 2-hydroxy group of pyridinol ring in the pHmd–GP complex,
which is not the case in the structure of the pHmd–FeGP complex. Lys150Ala mutation decreased the
reconstitution rate of the active enzyme with the FeGP cofactor at the physiological pH. These results
suggest that Lys150 might be involved in the FeGP-cofactor incorporation into the Hmd protein
in vivo.

Keywords: [Fe]-hydrogenase; FeGP cofactor; guanylylpyridinol; conformational changes;
X-ray crystallography

1. Introduction

[Fe]-hydrogenase (Hmd) catalyzes the reversible hydride transfer to methenyl-
tetrahydromethanopterin (methenyl-H4MPT+) from H2 (Figure 1a) [1,2]. This reaction is involved
in the hydrogenotrophic methanogenic pathway [2,3]. [Fe]-hydrogenase forms homodimer and
contains an active site cleft at the two dimeric interfaces (Figure 1b) [4,5]. The active-site cleft binds the
iron-guanylylpyridinol (FeGP) cofactor as the prosthetic group (Figure 1c) [6]. The FeGP cofactor
contains a low spin Fe(II), which is ligated with two CO, one acyl-C and pyridinol nitrogen [5,7–12].
This cofactor is covalently bound to the protein via cysteine-S ligand at the iron site [5,10,13] (Figure 1c).
The pyridinol ring is substituted with two methyl- and one guanosine monophosphate (GMP)
groups [8]. The GMP part is bound to the mononucleotide-binding site of the Rossmann-fold-like
structure of the Hmd protein [4].

Inorganics 2020, 8, 50; doi:10.3390/inorganics8090050 www.mdpi.com/journal/inorganics131
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Figure 1. Structure and function of [Fe]-hydrogenase. (a) Reaction catalyzed by [Fe]-hydrogenase.
The side chain of H4MPT was omitted. (b) Crystal structure of [Fe]-hydrogenase (holoenzyme) from
Methanococcus aeolicus (PDB: 6HAC). Two monomers are shown as a cartoon model (grey and blue).
The FeGP cofactor is depicted as a ball and stick model. A water molecule is bound to the iron in the
open resting state. (c) Chemical structure of the FeGP cofactor. Cys176 thiolate is covalently bound to
the iron of the cofactor.

The FeGP cofactor is extractable from [Fe]-hydrogenase in the presence of 60% methanol,
1-mM 2-mercaptoethanol and 1% NH3 [14]. The isolated cofactor is stabilized by 2-mercaptoethanol,
which makes a complex at the iron site [10,12,15]. The FeGP cofactor can also be isolated in the
presence of 50% acetic acid. An acetate ligand binds to the iron site to stabilize the iron complex of the
cofactor [12]. The FeGP cofactor is decomposed by UV-A/blue light [16] and hydrogen peroxide [17,18].
A decomposition product of the organic part of the FeGP cofactor is guanylylpyridinol (GP), in which
the acyl-methyl substituent was hydrolyzed to a carboxymethyl group [12].

Hmd proteins can be heterologously produced in Escherichia coli as an apo-form that does not
contain the FeGP cofactor [19]. Crystal structure of the apo-Hmd from Methanocaldococcus jannaschii
indicated that the active-site cleft of the apoenzyme is in a closed conformation [4]. When the extracted
FeGP cofactor is mixed with the apoenzyme, the cofactor binds to the protein in the active-site cleft
and generates the active holoenzyme [19]. Crystal structures of holoenzymes without substrate bound
have always been observed in an open conformation, in which the active-site cleft is exposed to
bulk solvent [5]. The structure of the Hmd from Methanococcus aeolicus holoenzyme in complex with
methenyl-H4MPT+ showed that upon binding of methenyl-H4MPT+, the active-site cleft closes [20].
In the closed tertiary complex, the iron site of the FeGP cofactor is activated by expulsion of the water
molecule bound on the iron site. The empty iron coordination site is proposed to be the H2-binding
site [20].

Many mimic complexes of the FeGP cofactor have been synthesized [2,21–26]. Some of the mimics
are composed of similar complex structures to the FeGP cofactor containing Fe(II) [27] or Mn(I) [25] as
the metal center with two CO and pyridinol but lack the GMP moiety. Several mimic complexes exhibit
catalytic activities of H2 activation and hydride transfer to chemical compounds [22–25]. Recently,
reconstituted active semi-synthetic [Fe]-hydrogenases were produced by incorporation of the mimic
complexes to the apoenzyme [25,28]. The reconstituted enzyme exhibited only a few percent of the
activity of the native enzyme [28]. The reconstitution requires a longer period than that with the FeGP
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cofactor to achieve full activity [28]. Addition of GMP during the reconstitution of the mimic-complexes
increased the enzymatic activity to a certain extent [28].

In this work, we heterologously produced the Hmd apo-form from a mesophilic methanogenic
archaeon, Methanolacinia paynteri (pHmd, National Center for Biotechnology Information Reference
Sequence: WP_048153035.1), which belongs to the Methanomicrobiales order. The structures of Hmd
from the Methanomicrobiales order have not been reported so far. We crystallized pHmd after in vitro
reconstitution with the isolated FeGP cofactor from native Hmd purified from Methanothermobacter
marburgensis [14]. These crystallization trials yielded two unexpected structures. The first one was an
asymmetric pHmd homodimer containing one monomer bound with the FeGP cofactor and the other
monomer in the apo-form. The second crystal structure was a symmetric homodimer in complex with
the broken product of the FeGP cofactor (GP). In addition, co-crystallization experiments of pHmd
with GMP and an iron mimic complex (see Section 3) yielded a symmetric homodimer in complex
with only GMP. The crystal structures of asymmetric Hmd, and Hmd bound with GMP or GP have not
been reported before. Based on the structures, we propose a possible trajectory of the binding process
of the FeGP cofactor to the protein to produce the active holoenzyme.

2. Results and Discussion

2.1. Crystal Structure of the Asymmetric Homodimer of pHmd

Reconstitution of the pHmd holoenzyme was performed in the presence of a slight excess of FeGP
cofactor (0.18 mM) relative to the pHmd protein (0.13 mM). The specific activity of the reconstituted
enzyme was variable in the holo-form obtained in each reconstitution experiment (60–250 U/mg at
40 ◦C) under standard assay conditions (oxidation of methylene-H4MPT), which was substantially
lower than that of the native Hmd from M. marburgensis (~400 U/mg at 40 ◦C) [14], the reconstituted
Hmd from Methanocaldococcus jannaschii (jHmd) (~400 U/mg at 40 ◦C) [14], and the reconstituted Hmd
from Methanococcus aeolicus (3000 U/mg at 40 ◦C) [20]. The 2.1 Å crystal structure obtained from this
reconstituted preparation contained one homodimer in the asymmetric unit, in which one monomer is
bound to the FeGP cofactor and the other is in an apo-form (Figure 2, Table 1). The active-site cleft
bound with the FeGP cofactor was in the open conformation and the second monomer without the
cofactor was in the closed conformation. The formation of the asymmetric structure indicated that the
open/closed conformational change of a monomer of the Hmd homodimer occurs independently from
another monomer.
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Figure 2. Crystal structure of the asymmetric homodimer of pHmd. (a) Overview of the asymmetric
homodimer of pHmd. One monomer (left) is the apo-form and the second monomer (right) is bound
to the FeGP cofactor. (b) Comparisons between the apo-form of the asymmetric pHmd homodimer
(orange) and apo-form of jHmd (pink, PDB: 2B0J). The chain from the next monomer of pHmd in
the central domain is distinguished by the green color. (c) Comparison between the holo-form of the
asymmetric pHmd homodimer (green) and holo-form of jHmd (blue, PDB: 3F47). The chain from the
next monomer of pHmd in the central domain is distinguished by the orange color. The FeGP cofactor
is shown by ball and stick models. For both pictures in (b,c), the N-terminal domain is superposed.

Table 1. X-ray analysis statistics.

Asymmetric Homodimer-pHmd GMP Bound GP Bound

Data collection

Wavelength (Å) 0.97980 0.97972 0.97970
Space group P3121 P21 C2

Resolution (Å)
45.13–2.10
(2.21–2.10)

43.65–1.55
(1.63–1.55)

46.63–1.70
(1.79–1.70)

Cell dimensions
a, b, c (Å) 79.48, 79.48, 179.34 67.81, 57.06, 95.13 160.83, 93.27, 83.64
α, β, γ (◦) 90, 90, 120 90, 91.43, 90 90, 97.53, 90

Nr. Monomers/asym. Unit 2 2 4
open/closed conformation 1 + 1 0/2 0/4

Rmerge (%) a 5.9 (71.1) 6.8 (35.3) 10.7 (51.7)
Rpim (%) a 1.9 (22.2) 4.1 (21.3) 6.5 (30.8)

CC1/2
a 1.000 (0.755) 0.997 (0.653) 0.993 (0.605)

I/σI
a 28.8 (3.6) 12.6 (3.7) 8.0 (2.5)

Completeness (%) a 100.0 (100.0) 99.3 (99.7) 99.1 (99.1)
Redundancy a 10.8 (11.1) 3.7 (3.7) 3.7 (3.8)

Nr. unique reflections a 39,181 (5643) 104,812 (15285) 133,035 (19398)
Refinement
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Table 1. Cont.

Asymmetric Homodimer-pHmd GMP Bound GP Bound

Resolution (Å) 39.74–2.10 22.69–1.55 24.89–1.70
Number of reflections 39,126 104,777 132,993

Rwork/Rfree
b (%) 19.5/23.5 18.4/20.9 18.9/21.6

Number of atoms
Protein 5215 5256 10,490

Ligands/ions 103 78 114
Solvent 224 640 1068

Mean B-value (Å2) 61.9 22.2 23.1
Molprobity clash score, all atoms 1.49 1.39 0.79

Ramachandran plot
Favored regions (%) 97.05 96.31 96.31
Outlier regions (%) 0.15 0 0

Rmsd c bond lengths (Å) 0.008 0.010 0.010
Rmsd c bond angles (◦) 1.01 1.10 1.08

PDB code 6YKA 6YKB 6YK9
a Values relative to the highest resolution shell are within parentheses. b Rfree was calculated as the Rwork for 5% of
the reflections that were not included in the refinement. c rmsd, root mean square deviation.

The N- (residues 1–241) and C- (residues 253–342) terminal domains of the two monomers of the
asymmetric homodimer are very similar to each other: 217 Cα superposed with a root mean square
deviation (rmsd) of 0.192 Å for the N-terminal domain and 74 Cα superposed with a rmsd of 0.131 Å
for the C-terminal domain. The N-terminal domains of the apo- and holo-form monomers of the
asymmetric pHmd overlapped with those of apo- and holo-forms of Hmd from M. jannaschii (jHmd),
respectively (Figure 2b,c). However, when the central domain composed of the dimeric C-terminal
domains are superposed, a deviation of the N-terminal domain is observed between pHmd apo- and
holo-forms compared to those of apo- and holo-forms of jHmd, respectively (Figure S1). Such variation
is caused by the asymmetric structure; the holo conformation impacts the apo conformation at the
central domain and vice versa.

According to the similar N-terminal domain structures, the holo-form of pHmd shows an identical
binding mode of the FeGP cofactor as observed in the jHmd holoenzyme (Figure S2). In contrast,
the apo-forms of pHmd and jHmd showed a slight difference at the loop involved in the FeGP cofactor
coordination. One of the differences between the pHmd and jHmd apo-forms is the location of Lys150,
which moved outside from the active site in jHmd (Figure S3). This movement might also be attributed
to the crystal packing. Lys150 is conserved in the Hmd-encoding genes in the genomes reported
with exceptions found in fifteen genomes of Methanobrevibacter species (e.g., M. smithii), where the
lysine position varies to glutamate (Figure S4). Notably, the Hmd activity of the cell extract from the
Methanobrevibacter species was very low [29,30].

2.2. Crystal Structure of pHmd in Complex with GMP

We obtained crystals from the solutions containing the reconstituted pHmd with an iron complex
in the presence of GMP. This mimic complex has been used for reconstitution of semisynthetic jHmd
(see Section 3) [28]. The 1.55 Å crystal structure revealed a symmetric pHmd homodimer in the
closed conformation, which was fully occupied with GMP but without mimic complex (Figure 3,
Table 1). The N-terminal domain of the GMP-binding structure and the apo-form monomer of pHmd
in the asymmetric homodimer superposed well (295 Cα superposed with rmsd of 0.416 Å, Figure 3a).
The GMP binding site is identical to that of the FeGP cofactor observed in the pHmd–FeGP complex of
the asymmetric pHmd. The residues in direct contact with GMP and the GMP moiety of the FeGP
cofactor have the same orientations (Figure 3b). The Lys150 side chain adopts the same orientation as
in the apo form; however, binding of the GMP slightly rearranged the loop 110–116 and rigidified its
surroundings as observed by a lower B-factor profile.
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Figure 3. Structural comparison of the apo-form of the pHmd asymmetric-homodimer (grey) and the
GMP-bound form (orange) of pHmd. (a) Monomers of each structure is shown by cartoon model.
The N-terminal domains were superposed. (b) Zoom-up view of the GMP binding site. GMP is shown
as ball and stick model. Hydrogen bonds are indicated by dashed lines.

2.3. Crystal Structure of pHmd in Complex with GP

From the reconstituted pHmd holoenzyme with the FeGP cofactor, in addition to the asymmetric
homodimer crystal, another crystalline form was obtained. This form diffracted to 1.7 Å resolution
(Table 1). The asymmetric unit of the crystal contained two homodimers in the closed conformation.
Contrary to the other reconstituted holo-Hmd structures, the pyridinol part was only partially visible
in the electron density and could be modelled for only one monomer in the four monomers in the
asymmetric unit. The FeGP cofactor appeared to be decomposed to GP during crystallization process.
The structures of the N-terminal domain and the residues binding GMP and GP superposed well
(Figure 4a). Binding of GP induces the local conformational rearrangement of the two loops containing
Lys150 and Cys175, respectively, compared to the apo form. In the pHmd–GP structure, the van der
Waals interaction between the hydroxyl group of the pyridinol ring and amino group of Lys150 (2.7 Å)
stabilizes the pyridinol ring of GP in this structure (Figure 4). The Cys175 side chain was modelled in
two conformations of 80% and 20% occupancy in the broad electron density. The interaction between
the amino group of Lys150 and the pyridinol does not appear to be optimal for hydrogen-bonding.
However, in the incorporation process of the FeGP cofactor, a slight tilt of the pyridinol ring would
improve the interaction.

 
Figure 4. Structural comparison of the GMP-bound form (orange) and the GP-bound form (cyan) of
pHmd. (a) Monomers of each structure are shown by a cartoon model. The N-terminal domains are
superposed. (b) Zoomed-in view of the active site. GMP and GP are shown by ball and stick models.
Hydrogen bonds are indicated by dashed lines.
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The carboxymethyl part of the pyridinol group was not visible, which indicates that the elongated
carboxymethyl substituent of the GP does not interact with the protein. This observation contrasts
with the structure of hexameric Hmd from M. marburgensis in the open conformation obtained in an
oxidized broken state. The carboxymethyl group was visible and bound with an Fe atom coordinated
by His203 and Cys172, and Asp189 from loop of another dimer (Figure S5a) [18]. The loop containing
Asp189 is not conserved in the pHmd sequence. The absence of the loop structure explains why the GP
binding mode is different and the iron was removed from the cleft after decomposition (Figure S5b).

The closed conformation of the active-site cleft of the pHmd in complex with GP and also
GMP indicated that binding of the GMP and pyridinol parts of the FeGP cofactor does not induce
the opening of the active-site cleft. The formation of the Cys175-S–Fe bonding and the resulting
conformational change of the loop at Cys175 might trigger the open state. The crystal structure of
the reconstituted Cys176Ala-mutated jHmd holoenzyme (Cys176 of jHmd is equivalent to Cys 175 of
pHmd) has been reported [10]. This enzymatically inactive jHmd holoenzyme, lacking the Cys176-S–Fe
bonding, was crystallized in the open conformation even in the presence of methylene–H4MPT bound,
which indicated that the Cys176Ala mutation hindered the open/closed conformational change essential
for the catalytic activity.

In the pHmd holo-form in the asymmetric homodimer, Lys150 is dissociated from the pyridinol
ring and the loop containing Lys150 moved slightly away (Figure 5). Lys150 should move further away
from the active site in the closed conformation induced by methenyl-H4MPT+ binding, because the
Lys150 side chain clashes with the phenyl ring part of methenyl-H4MPT+ observed in the holoenzyme
structure Hmd from Methanococcus aeolicus in complex with methenyl-H4MPT+ (Figure S6) [20]. In the
ternary complex, the Lys150 comes into contact with the side chain of methenyl-H4MPT+, mainly via a
water network, which might therefore have an additional role in the substrate binding.

Figure 5. Structural comparison of the GP-bound form (cyan) of pHmd and the FeGP-bound form
(yellow) of the pHmd asymmetric homodimer. (a) Monomers of each structure are shown by a cartoon
model. The N-terminal domains were superposed. (b) Zoomed-in view of the active site. GP and FeGP
are shown by ball and stick models. In the GP-bound form, the carboxymethyl group of GP is not
visible. Hydrogen bonds are indicated by dashed lines.
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2.4. Effect of Lys150Ala Substitution on the Reconstitution Rate of pHmd

The structural analysis of pHmd in complex with GP indicated that Lys150 could interact with the
FeGP cofactor in the incorporation process. This hypothesis was tested using the pHmd Lys150Ala
variant. Prior to the reconstitution assay, we measured the kinetic parameters of the wild-type enzyme
and Lys150Ala variant reconstituted under the standard reconstitution condition. Unexpectedly,
the Lys150Ala variant exhibited much higher Vmax and Km values (640 U/mg and 160 μM) than those
of the wild-type enzyme (66 U/mg and 6 μM) in the oxidation reaction of methylene-H4MPT at pH 6.0
(Figures S7 and S8). The Vmax and Km of the reduction reaction of methenyl-H4MPT+ with H2 at pH 7.5
are 1300 U/mg and 62 μM for the wild-type enzyme and 820 U/mg and 110 μM for the K150A variant,
respectively. Increase of the Km values of the Lys150Ala variant is consistent with the observation of
the contact of Lys150 with the side chain of methenyl-H4MPT described in the last section.

The formation of the holoenzyme by binding of the FeGP cofactor was followed by monitoring
the increase of enzymatic activity after addition of the FeGP cofactor (4–700 nM) to the assay solution,
which contained the 4-nM apoenzyme, and 20-μM methenyl-H4MPT+ under H2 at pH 7.5 or 20-μM
methylene–H4MPT under N2 at pH 6.0. The time course of the change of the absorbance at 336 nm
was recorded (Figure 6a,b,e,f). We calculated the specific activity (U/mg) at each time point (per
2 s) from the slope of the absorbance change (Figure 6c,d,g,h). In these experiments, we assume
that the increase of the Hmd activity indicates the increase of the active holoenzyme in the assay by
incorporation of the FeGP cofactor into the apoenzymes. Hence, the specific activity is a function
of the concentration of the reconstituted enzyme and the residual substrate concentration in the
assay. In the assay condition at pH 7.5, which is the physiological pH [31], the wild-type enzyme
was quickly reconstituted and reached the maximum activity within 25 s in the presence of 700-nM
FeGP cofactor (Figure 6c). The Lys150Ala variant also exhibits activity, but the increase of the specific
activity at the same condition was much slower than the case of the wild-type enzyme; to reach the
maximal activity, 130 s was required (Figure 6d). These results support the hypothesis that Lys150
contributes to the binding kinetics of the FeGP cofactor to the protein. In the case of the reverse reaction,
oxidation of methylene–H4MPT at pH 6.0, the Lys150Ala mutation did not affect the reconstitution
of the holoenzyme (Figure 6e–h). To obtain the reconstitution rate from the data, we simulated
the reconstitution curves (Figures S9 and S10). The simulated curves of reconstitution fitted to the
observed curve when the reconstitution rate (k2 in Figure S9) of the FeGP cofactor to the wild and
Lys150Ala apoenzymes are assumed as 0.01 ± 0.005 μM−1·s−1 and 0.0024 ± 0.0003 μM−1·s−1 at pH 7.5
and 0.10 ± 0.01 μM−1·s−1 and 0.14 ± 0.03 μM−1·s−1 at pH 6.0, respectively. These data support the
function of Lys150 in the binding kinetics of incorporation of the FeGP cofactor in the physiological
pH. Protonation of the 2-hydroxy group of the FeGP cofactor might affect the incorporation rate of the
FeGP cofactor into the protein.
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Figure 6. Reconstitution of the [Fe]-hydrogenase holoenzyme from the apoenzyme of the wild-type
(a,c,e,g) and Lys150Ala variant (b,d,f,h) with the FeGP cofactor. Changes of the absorbance at 336 nm
according to the reduction of methenyl-H4MPT+ (a,b) and oxidation of methylene-H4MPT (e,f) were
recorded. The color area indicates the standard deviation of three tests. The enzymatic activity (U/mg)
(c,d,g,h) of each 2 s was calculated from the data of (a,b,e,f), respectively. Concentrations of the FeGP
cofactor were 700 (•), 350 (+), 100 (Δ), 50 (�), 10 (�) and 4 nM (♦). The plots of the data of the wild type
and the Lys150Ala variant are shown in red and blue, respectively.

3. Materials and Methods

3.1. Chemicals and Reagents

Tetrahydromethanopterin (H4MPT) and methenyl-H4MPT+ were isolated from M. marburgensis
cells [32]. Methylene-H4MPT was produced by the reaction of H4MPT with formaldehyde [14]. The FeGP
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cofactor was isolated from [Fe]-hydrogenase from M. marburgensis as described previously [14]. All other
chemical compounds used in this work were purchased from Sigma-Aldrich (Darmstadt, Germany).

3.2. Gene Synthesis of [Fe]-Hydrogenase from Methanolacinia Paynteri

The [Fe]-hydrogenase gene from M. paynteri (NCBI Reference Sequence: WP_048153035.1)
was modified for the codon usage optimization as shown below and synthesized by GenScript.
The DNA synthesized was inserted into the expression vector pET-24b(+) at the NdeI and SalI
restriction-enzyme digestion sites. Genes of the Lys150Ala variant were synthesized using the template
of the wild-type gene.

5′-CATATGACAATAAAGAAGGTAGCTATACTAGGAGCAGGGTGTTATAGGACTCACTCA
GCGACCGGCATTACCAACTTTGCGCGTGCGTGCGAGGTGGCGGAAATGGTTGGTAAACCGG
AGATCGCGATGACCCACAGCACCATTGCGATGGCGGCGGAACTGAAGTACCTGGCGGGCAT
CGACAACATCGTGATTAGCGATCCGAGCTTCGCGGGCGAGTTTACCGTGGTTAAGGACTTCG
ATTACAACGAAGTTATCAAGGCGCACAAAGAGAACCCGGAAACCATCATGCCGAAGATTCGT
GAGAAAGTGAACGAACTGGCGAAAACCGTTCCGAAGCCGCCGAAAGGCGCGATCCACTTTG
TGCACCCGGAGGACCTGGGTCTGAAGGTGACCACCGACGATCGTGAAGCGGTTCGTGACG
CGGATCTGATCATTACCTGGCTGCCGAAGGGTGACATGCAGAAAGGCATCATTGAGAAGTTC
GCGGGTGATATCAAGCAAGGCGCGATCATTACCCACGCGTGCACCATTCCGACCACCCTGTT
CTACAAAATCTTTGAGGAACTGGGCATTGCGGATAAGGTGGAAGTTACCAGCTATCACCCGG
GTGCGGTGCCGGAGATGAAAGGCCAGGTTTACATCGCGGAAGGTTATGCGAGCGAGGAAGC
GATCAACACCATTTACGAGCTGGGTAAGAAAGCGCGTGGTCATGCGTTTAAGCTGCCGGCGG
AACTGATTGGTCCGGTTTGCGACATGTGCGCGGCGCTGACCGCGATTACCTACGCGGGTCTG
CTGGTGTATCGTGATGCGGTTATGAACATTCTGGGTGCGCCGGCGGGTTTCAGCCAGATGAT
GGCGACCGAGAGCCTGGAACAAATCACCGCGTATATGAAGAAAGTGGGTATTAAAAACCTGG
AGGAAAACCTGGACCCGGGTGTTTTCCTGGGCACCGCGGATAGCATGAACTTTGGCCCGATT
GCGGAGATTCTGCCGACCGTTCTGAAGAGCCTGGAAAAGCGTGCGAAATAAGTCGAC-3′.

3.3. Enzyme Production, Purification and Reconstitution

The apoenzymes of [Fe]-hydrogenase from M. paynteri were heterologously overproduced in
E. coli BL21(DE3). The recombinant E. coli was cultivated in the tryptone–phosphate (TP) medium
containing 50 μg/mL kanamycin at 37 ◦C [33]. When the optical density of E. coli at 600 nm became
0.6–0.8, 1-mM isopropyl β-d-thiogalactopyranoside (IPTG) was added to induce expression of the
targeted gene. Cells were harvested by centrifugation using Avanti JXN-26 centrifuge with JLA-10.500
rotor (Beckman-Coulter, Krefeld, Germany) at 8000 rpm for 30 min at 4 ◦C. The wet cells (5–10 g) were
suspended in 50-mM 3-(N-morpholino)propanesulfonic acid (MOPS)/KOH pH 7.0 containing 1-mM
dithiothreitol (DTT). Cells were disrupted on ice by sonication for 10 min using SONOPULS GM200
(Bandelin, Berlin, Germany) with KE76 tip with 50 cycles. The cell debris and the unbroken cells were
removed by centrifugation using an Avanti JXN-26 centrifuge with a JA-25.50 rotor (Beckman-Coulter)
at 15,000 rpm for 30 min at 4 ◦C. Ammonium sulfate (2-M final concentration) was added to the
supernatant. Precipitates were removed by centrifugation using an Avanti JXN-26 centrifuge with
JA-25.50 rotor at 15,000 rpm for 30 min at 4 ◦C. The supernatant was loaded on a Phenyl Sepharose
High Performance column (75 mL, GE Healthcare Life Sciences, Solingen, Germany) and eluted with a
linear gradient of ammonium sulfate from 2 M to 0 M in 50-mM MOPS/KOH buffer pH 7.0 containing
1-mM DTT. Fractions containing the apoenzyme of pHmd were collected and concentrated by using
Amicon Ultra-4 Centrifugation filters (30-kDa cut-off). To further purify the apoenzyme of pHmd,
the concentrated apoenzyme sample was loaded to a HiPrep 16/60 Sephacryl S-200 HR gel filtration
column (120 mL, GE Healthcare Life Sciences) using 25-mM Tris(hydroxymethyl)aminomethane
(Tris)/HCl buffer pH 7.5 containing 150-mM NaCl, 5% glycerol and 2-mM DTT. To increase the purity
of protein, the gel filtration repeated two times using the same conditions [20]. Finally, the purified
apoenzyme was concentrated to 50–100 mg/mL.
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Protein concentration was measured by Bradford method using bovine serum albumin as the
standard. Reconstitution was performed under dark conditions in an anoxic tent (Coy) with a gas
phase of 95%N2/5%H2 at 8 ◦C by mixing the 0.13-mM apoenzyme and the 0.18-mM FeGP cofactor (at a
molecular ratio of 0.75:1), respectively, as previously described [14].

3.4. Enzyme Activity Assay

The enzyme activity was anaerobically measured as previously described using a 1-mL quartz
cuvette containing 0.7 mL assay mixture [14]. For the reduction of methenyl-H4MPT+ with H2, 120-mM
potassium phosphate pH 7.5 containing 1-mM ethylenediaminetetraacetic acid (EDTA) was used as
the assay buffer under 100% H2. For the oxidation of methylene-H4MPT under N2, 120-mM potassium
phosphate pH 6.0 containing 1-mM EDTA was used as assay buffer under 100% N2. The assay
was started by adding 10 μL of 0.01 mg/mL enzyme solution (final concentration in the assay was
0.14 μg/mL), and the decrease (reduction)/increase (oxidation) of absorbance at 336 nm was recorded.
Its specific activity was calculated using the extinction coefficient of methenyl-H4MPT+ (ε336nm =

21.6 mM−1·cm−1) [14]. One unit (U) activity is the amount of the enzyme catalyzing the formation or
consumption/formation of 1 μmol methenyl-H4MPT per min.

The reconstitution rate of the holoenzyme was kinetically analyzed in a quartz cuvette. The assay
solution for the reduction reaction contained 120-mM potassium phosphate buffer pH 7.5, 1-mM EDTA,
4-nM (0.15 μg/mL) pHmd apoenzyme and 20-μM methenyl-H4MPT+ under 100% H2. In the oxidation
reaction, the assay solution contained 120-mM potassium phosphate buffer pH 6.0, 1-mM EDTA,
4-nM (0.15 μg/mL) pHmd apoenzyme and 20-μM methylene-H4MPT under 100% N2 The reaction
was started by the addition of 4–700-nM cofactor (final concentration). A change of the absorbance at
336 nm was recorded at 40 ◦C.

3.5. Simulation of the Enzyme Kinetics Data

Michalis–Menten kinetics-parameters were obtained by simulation of the substrate consumption
and product formation by numerical integration of the equations derived from mass action kinetics
(Figure S7). The reconstitution rate with the FeGP cofactor and simulated enzymatic activities were
calculated by numerical integration using the equations shown in Figure S9. All simulations were
coded in Python 3.7 using Spyder 4.1 development environment and the following libraries: SciPy [34],
NumPy [35], Matplotlib [36] and pandas [37].

3.6. Crystallization

[Fe]-hydrogenase holoenzyme from M. paynteri (pHmd) was crystallized under 95%N2/5%H2

at 8 ◦C using 96-well two-drop MRC crystallization plates (sitting drop vapor diffusion method).
For the crystallization of pHmd–GP and pHmd–FeGP complexes, 0.7 μL of 25 mg/mL reconstituted
holoenzyme was mixed with 0.7 μL reservoir solution (from crystallization kits) under yellow light and
incubated under dark conditions. The best diffracting crystal of pHmd–GP came out within two weeks
in 25% w/v polyethylene glycol 1500 and 100-mM succinic acid/sodium dihydrogen phosphate/Glycine
(SPG) buffer pH 8.5 (JBScreen Wizard 3&4 HTS, Jena Bioscience, Jena, Germany). For pHmd asymmetric
dimer form, the crystals grew within two weeks in 30% w/v polyethylene glycol 4000, 200-mM lithium
sulfate and 100-mM Tris pH 8.5 (JBScreen Wizard 3&4 HTS, Jena Bioscience).

The reconstituted holoenzyme with the Fe complex was prepared as previously described [28].
An Fe(II) complex [(2-CH2CO-6-HOC5H3N)Fe(CO)3I] (complex 5 in [26]) was dissolved in methanol
containing 1% acetic acid [28]. For reconstitution, 0.4 mL of 10-mM Fe complex solution was mixed
anaerobically with a 7.6 mL solution of 100-mM sodium acetate pH 5.6, 0.02 mM apoenzyme and
2-mM GMP (final concentrations) and incubated on ice for one hour. The buffer of the reconstituted
enzyme was exchanged by three-time concentration/dilution cycles using a 30 kDa ultrafilter with
10 mM MOPS/KOH pH 7.0 and finally concentrated to 25 mg/mL. For crystallization, 0.7 μL of the
reconstituted pHmd solution was mixed with 0.7 μL reservoir solution (from crystallization kits) under

141



Inorganics 2020, 8, 50

yellow light and incubated under dark conditions at 10 ◦C. The best crystal appeared within one month
in 20% w/v polyethylene glycol 3350 and 200-mM magnesium formate reservoir solution (JBScreen
Wizard 3&4 HTS, Jena Bioscience).

3.7. Data Collection and Refinement

The crystals of the asymmetric homodimer and the one containing GP were flash-frozen (3–5 s)
in their crystallization reservoir solution supplemented with 10% v/v glycerol under 95%N2/5%H2.
The crystal of pHmd bound with GMP was flash-frozen (3–5 s) in its crystallization reservoir solution
containing 30% v/v glycerol under 95%N2/5%H2. All diffraction experiments were performed at 100 K
on beamline BM30A (French Beamline for Investigation of Proteins) at the European Synchrotron
Radiation Facility (ESRF) equipped with an ADSC Q315r charge-coupled device detector. The data
were processed with XDS [38] and scaled with SCALA from the CCP4 suite [39]. The structure of
pHmd–FeGP was determined by molecular replacement with PHASER [40] by decoupling the N- and
C-terminal domain of the native Hmd from M. marburgensis in complex with 2-naphthylisocyanide (PDB:
4JJF) as templates. The structures of pHmd–GP and pHmd–GMP were solved with PHASER by using
the monomer in the closed conformation of the asymmetric homodimer. The models were manually
built with COOT [41] and refined with Phenix [42] and BUSTER (Bricogne G., Blanc E., Brandl M.,
Flensburg C., Keller P., Paciorek W., Roversi P, Sharff A., Smart O.S., Vonrhein C., Womack T.O. (2017).
BUSTER version 2.10.3. Cambridge, United Kingdom: Global Phasing Ltd.). The final models were
validated using the MolProbity server (http://molprobity.biochem.duke.edu) [40]. Data collection,
refinement statistics and PDB code for the deposited model are listed in Table 1. The hydrogens
were omitted in the final deposited model. The figures were generated and rendered with PyMOL
(version 1.7, Schrödinger, Cambridge, UK). Alignments were performed by Clustal Omega [43].
The figures were made using ESPript 3.0 [44].

4. Conclusions

Based on the crystal structures of the pHmd apo- and holo-form—the latter bound with GMP,
GP or the FeGP cofactor—we propose a trajectory of the isolated FeGP cofactor incorporation
into the apoenzyme. First, binding of the GMP part guides correct positioning of the FeGP cofactor,
which slightly opens the active-site cleft to engage the binding of the pyridinol part at the flexible Cys175
loop and induces small local conformational change at the loop containing Lys150. The iron site of the
FeGP cofactor forms a covalent Cys175-S–Fe bonding upon exchange with the acetate/2-mercaptoethanol
ligand bound in the free cofactor. Sequential binding of the GMP and pyridinol moieties might allow a
correct covalent bonding between Cys175-thiolate and the Fe site. Lys150 might guide the binding of
the pyridinol part to the specific position. The Lys150Ala mutation analysis supported this hypothesis.
These results are of general interest for studying how nucleotide-containing cofactors and coenzymes
are incorporated into the protein, and for developing semi-synthetic [Fe]-hydrogenase using mimic
complexes. A plausible strategy of incorporation of the mimic complexes into the Hmd protein is to
synthesize mimic compounds, which contains the GMP moiety at the position 4 of the pyridinol ring.
Another strategy might be modifying the Hmd apoenzyme to enhance a smooth Fe–S bond formation
of the mimic cofactor in the absence of the GMP moiety, in which the loop containing Lys150 might be
the target of modification.

Supplementary Materials: The following are available online at http://www.mdpi.com/2304-6740/8/9/50/s1,
Figure S1. Observation of subtle rearrangements of the asymmetric pHmd when the C-terminal domain of
holo-jHmd and apo-jHmd are superposed, Figure S2. Superposition of the FeGP cofactor binding sites in
pHmd (PDB: 6YKA), Hmd from Methanococcus aeolicus (aHmd) (PDB: 6HAC) and jHmd (PDB: 3F47), Figure S3.
Comparison of the loop involved in the FeGP cofactor coordination in the jHmd and pHmd apo-forms. Figure S4.
Alignments of Hmd amino acid sequences from different organisms, Figure S5. Comparison of the GP-binding
states in the structure of Hmd from M. marburgensis obtained in an oxidized broken state with that in the structure
of GP bound form of pHmd, Figure S6. Superposition of the active sites of apo- and holo-forms of Hmd. Figure S7.
Equations used for the simulation of the modelled reaction and calculation of the kinetic parameters. Figure S8.
Simulation of the progressive curves of the reactions. Figure S9. Equations used for the simulation of the binding
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constant of the FeGP cofactor to the pHmd apoenzyme, Figure S10. Simulation of the change of the activity in the
reconstitution assay of pHmd.

Author Contributions: Conceptualization, S.S.; methodology, S.S.; software, T.W.; validation, T.W.; formal analysis,
G.H., T.W., F.J.A.-G. and S.S.; investigation, G.H., T.W. and F.J.A.-G.; resources, S.S..; data curation, G.H., F.J.A.-G.,
T.W. and S.S.; writing—original draft preparation, S.S.; writing—review and editing, G.H., F.J.A.-G., T.W. and
S.S.; visualization, G.H and T.W.; supervision, S.S.; project administration, S.S.; funding acquisition, S.S. and T.W.
All authors have read and agreed to the published version of the manuscript.

Funding: This work was funded by the Max Planck Society (to T.W. and S.S.) and the Deutsche
Forschungsgemeinschaft priority program (SPP 1927) (SH 87/1-1, to S.S.).

Acknowledgments: We thank Xile Hu (École polytechnique fédérale de Lausanne), who provided us the iron
complex. The authors thank the staff from the BM30A (FIP) beamline at the European Synchrotron Radiation
Facility (ESRF) for their availability and advice during data collection.

Conflicts of Interest: The authors declare no conflict of interest.

References

1. Zirngibl, C.; van Dongen, W.; Schwörer, B.; von Bünau, R.; Richter, M.; Klein, A.; Thauer, R.K. H2-forming
methylenetetrahydromethanopterin dehydrogenase, a novel type of hydrogenase without iron-sulfur clusters
in methanogenic archaea. Eur. J. Biochem. 1992, 208, 511–520.

2. Huang, G.F.; Wagner, T.; Ermler, U.; Shima, S. Methanogenesis involves direct hydride transfer from H2 to an
organic substrate. Nat. Rev. Chem. 2020, 4, 213–221.

3. Shima, S.; Huang, G.; Wagner, T.; Ermler, U. Structural basis of hydrogenotrophic methanogenesis.
Annu. Rev. Microbiol. 2020, 74, 713–733.

4. Pilak, O.; Mamat, B.; Vogt, S.; Hagemeier, C.H.; Thauer, R.K.; Shima, S.; Vonrhein, C.; Warkentin, E.;
Ermler, U. The crystal structure of the apoenzyme of the iron-sulphur cluster-free hydrogenase. J. Mol.
Biol. 2006, 358, 798–809.

5. Shima, S.; Pilak, O.; Vogt, S.; Schick, M.; Stagni, M.S.; Meyer-Klaucke, W.; Warkentin, E.; Thauer, R.K.;
Ermler, U. The crystal structure of [Fe]-hydrogenase reveals the geometry of the active site. Science
2008, 321, 572–575.

6. Shima, S.; Ermler, U. Structure and function of [Fe]-hydrogenase and its iron-guanylylpyridinol (FeGP)
cofactor. Eur. J. Inorg. Chem. 2011, 2011, 963–972.

7. Lyon, E.J.; Shima, S.; Boecher, R.; Thauer, R.K.; Grevels, F.W.; Bill, E.; Roseboom, W.; Albracht, S.P.J. Carbon
monoxide as an intrinsic ligand to iron in the active site of the iron-sulfur-cluster-free hydrogenase H2-forming
methylenetetrahydromethanopterin dehydrogenase as revealed by infrared spectroscopy. J. Am. Chem. Soc.
2004, 126, 14239–14248.

8. Shima, S.; Lyon, E.J.; Sordel-Klippert, M.S.; Kauss, M.; Kahnt, J.; Thauer, R.K.; Steinbach, K.; Xie, X.L.;
Verdier, L.; Griesinger, C. The cofactor of the iron-sulfur cluster free hydrogenase Hmd: Structure of the
light-inactivation product. Angew. Chem. Int. Ed. 2004, 43, 2547–2551.

9. Shima, S.; Lyon, E.J.; Thauer, R.K.; Mienert, B.; Bill, E. Mössbauer studies of the iron-sulfur cluster-free
hydrogenase: The electronic state of the mononuclear Fe active site. J. Am. Chem. Soc. 2005, 127, 10430–10435.

10. Hiromoto, T.; Ataka, K.; Pilak, O.; Vogt, S.; Stagni, M.S.; Meyer-Klaucke, W.; Warkentin, E.; Thauer, R.K.;
Shima, S.; Ermler, U. The crystal structure of C176A mutated [Fe]-hydrogenase suggests an acyl- iron ligation
in the active site iron complex. FEBS Lett. 2009, 583, 585–590.

11. Hiromoto, T.; Warkentin, E.; Moll, J.; Ermler, U.; Shima, S. The crystal structure of an [Fe]-hydrogenase-substrate
complex reveals the framework for H2 activation. Angew. Chem. Int. Ed. 2009, 48, 6457–6460.

12. Shima, S.; Schick, M.; Kahnt, J.; Ataka, K.; Steinbach, K.; Linne, U. Evidence for acyl–iron ligation in the
active site of [Fe]-hydrogenase provided by mass spectrometry and infrared spectroscopy. Dalton Trans.
2012, 41, 767–771.

13. Korbas, M.; Vogt, S.; Meyer-Klaucke, W.; Bill, E.; Lyon, E.J.; Thauer, R.K.; Shima, S. The iron-sulfur cluster-free
hydrogenase (Hmd) is a metalloenzyme with a novel iron binding motif. J. Biol. Chem. 2006, 281, 30804–30813.

14. Shima, S.; Schick, M.; Tamura, H. Preparation of [Fe]-hydrogenase from methanogenic archaea.
Methods Enzymol. 2011, 494, 119–137.

15. Shima, S.; Vogt, S.; Göbels, A.; Bill, E. Iron-chromophore circular dichroism of [Fe]-hydrogenase:
The conformational change required for H2 activation. Angew. Chem. Int. Ed. 2010, 49, 9917–9921.

143



Inorganics 2020, 8, 50

16. Lyon, E.J.; Shima, S.; Buurman, G.; Chowdhuri, S.; Batschauer, A.; Steinbach, K.; Thauer, R.K. UV-A/blue-light
inactivation of the ‘metal-free’ hydrogenase (Hmd) from methanogenic archaea: The enzyme contains
functional iron after all. Eur. J. Biochem. 2004, 271, 195–204.

17. Hidese, R.; Ataka, K.; Bill, E.; Shima, S. CuI and H2O2 Inactivate and FeII Inhibits [Fe]-hydrogenase at very
low concentrations. Chembiochem 2015, 16, 1861–1865.

18. Huang, G.; Wagner, T.; Ermler, U.; Bill, E.; Ataka, K.; Shima, S. Dioxygen sensitivity of [Fe]-hydrogenase in
the presence of reducing substrates. Angew. Chem. Int. Ed. 2018, 57, 4917–4920.

19. Buurman, G.; Shima, S.; Thauer, R.K. The metal-free hydrogenase from methanogenic archaea: Evidence for
a bound cofactor. FEBS Lett. 2000, 485, 200–204.

20. Huang, G.F.; Wagner, T.; Wodrich, M.D.; Ataka, K.; Bill, E.; Ermler, U.; Hu, X.L.; Shima, S. The atomic-resolution
crystal structure of activated [Fe]-hydrogenase. Nat. Catal. 2019, 2, 537–543.

21. Song, L.C.; Zhu, L.; Liu, B.B. A biomimetic model for the active site of [Fe]-H2ase featuring a
2-methoxy-3,5-dimethyl-4-phosphato-6-acylmethylpyridine ligand. Organometallics 2019, 38, 4071–4075.

22. Seo, J.; Manes, T.A.; Rose, M.J. Structural and functional synthetic model of mono-iron hydrogenase featuring
an anthracene scaffold. Nat. Chem. 2017, 9, 552–557.

23. Kerns, S.A.; Magtaan, A.C.; Vong, P.R.; Rose, M.J. Functional hydride transfer by a thiolate-containing model
of mono-iron hydrogenase featuring an anthracene scaffold. Angew. Chem. Int. Ed. 2018, 57, 2855–2858.

24. Xu, T.; Yin, C.J.M.; Wodrich, M.D.; Mazza, S.; Schultz, K.M.; Scopelliti, R.; Hu, X. A functional model of
[Fe]-hydrogenase. J. Am. Chem. Soc. 2016, 138, 3270–3273.

25. Pan, H.J.; Huang, G.F.; Wodrich, M.D.; Tirani, F.F.; Ataka, K.; Shima, S.; Hu, X.L. A catalytically active
[Mn]-hydrogenase incorporating a non-native metal cofactor. Nat. Chem. 2019, 11, 669–675.

26. Hu, B.; Chen, D.; Hu, X.L. Synthesis and reactivity of mononuclear iron models of [Fe]-hydrogenase that
contain an acylmethylpyridinol ligand. Chem. Eur. J. 2014, 20, 1677–1682.

27. Chen, D.; Scopelliti, R.; Hu, X. A five-coordinate iron center in the active site of [Fe]-hydrogenase: Hints
from a model study. Angew. Chem. Int. Ed. 2011, 50, 5671–5673.

28. Shima, S.; Chen, D.; Xu, T.; Wodrich, M.D.; Fujishiro, T.; Schultz, K.M.; Kahnt, J.; Ataka, K.; Hu, X.L.
Reconstitution of [Fe]-hydrogenase using model complexes. Nat. Chem. 2015, 7, 995–1002.

29. Schick, M.; Xie, X.L.; Ataka, K.; Kahnt, J.; Linne, U.; Shima, S. Biosynthesis of the iron-guanylylpyridinol
cofactor of [Fe]-hydrogenase in methanogenic archaea as elucidated by stable-isotope labeling.
J. Am. Chem. Soc. 2012, 134, 3271–3280.

30. Schwörer, B.; Thauer, R.K. Activities of formylmethanofuran dehydrogenase, methylenetetrahydromethanopterin
dehydrogenase, methylenetetrahydromethanopterin reductase, and heterodisulfide reductase in
methanogenic bacteria. Arch. Microbiol. 1991, 155, 459–465.

31. de Poorter, L.M.I.; Keltjens, J.T. Convenient fluorescence-based methods to measure membrane potential
and intracellular pH in the Archaeon Methanobacterium thermoautotrophicum. J. Microbiol. Methods
2001, 47, 233–241.

32. Shima, S.; Thauer, R.K. Tetrahydromethanopterin-specific enzymes from Methanopyrus kandleri.
Methods Enzymol. 2001, 331, 317–353.

33. Moore, J.T.; Uppal, A.; Maley, F.; Maley, G.F. Overcoming inclusion body formation in a high-level expression
system. Protein Expres. Purif. 1993, 4, 160–163.

34. Virtanen, P.; Gommers, R.; Oliphant, T.E.; Haberland, M.; Reddy, T.; Cournapeau, D.; Burovski, E.;
Peterson, P.; Weckesser, W.; Bright, J.; et al. SciPy 1.0: Fundamental algorithms for scientific computing in
Python. Nat. Methods 2020, 17, 261–272.

35. Van der Walt, S.; Colbert, S.C.; Varoquaux, G. The NumPy Array: A structure for efficient numerical
computation. Comput. Sci. Eng. 2011, 13, 22–30.

36. Hunter, J.D. Matplotlib: A 2D graphics environment. Comput. Sci. Eng. 2007, 9, 90–95.
37. McKinney, W. Data structures for statistical computing in Python. In Proceedings of the 9th Python in Science

Conference, Austin, TX, USA, 28–30 June 2010; pp. 51–56.
38. Kabsch, W. Xds. Acta Crystallogr. D 2010, 66, 125–132.
39. Winn, M.D.; Ballard, C.C.; Cowtan, K.D.; Dodson, E.J.; Emsley, P.; Evans, P.R.; Keegan, R.M.; Krissinel, E.B.;

Leslie, A.G.; McCoy, A.; et al. Overview of the CCP4 suite and current developments. Acta Crystallogr. D
2011, 67, 235–242.

144



Inorganics 2020, 8, 50

40. McCoy, A.J.; Grosse-Kunstleve, R.W.; Adams, P.D.; Winn, M.D.; Storoni, L.C.; Read, R.J. Phaser
crystallographic software. J. Appl. Crystallogr. 2007, 40, 658–674.

41. Emsley, P.; Lohkamp, B.; Scott, W.G.; Cowtan, K. Features and development of Coot. Acta Crystallog. D 2010, 66, 486–501.
42. Liebschner, D.; Afonine, P.V.; Baker, M.L.; Bunkóczi, G.; Chen, V.B.; Croll, T.I.; Hintze, B.; Hung, L.W.; Jain, S.;

McCoy, A.J.; et al. Macromolecular structure determination using X-rays, neutrons and electrons: Recent
developments in Phenix. Acta Crystallogr. D 2019, 75, 861–877.

43. Madeira, F.; Park, Y.M.; Lee, J.; Buso, N.; Gur, T.; Madhusoodanan, N.; Basutkar, P.; Tivey, A.R.N.; Potter, S.C.; Finn, R.D.;
et al. The EMBL-EBI search and sequence analysis tools APIs in 2019. Nucleic Acids Res. 2019, 47, W636–W641.

44. Robert, X.; Gouet, P. Deciphering key features in protein structures with the new ENDscript server.
Nucleic Acids Res. 2014, 42, W320–W324.

© 2020 by the authors. Licensee MDPI, Basel, Switzerland. This article is an open access
article distributed under the terms and conditions of the Creative Commons Attribution
(CC BY) license (http://creativecommons.org/licenses/by/4.0/).

145





inorganics

Article

Theoretical Insights into the Aerobic Hydrogenase
Activity of Molybdenum–Copper CO Dehydrogenase

Anna Rovaletti 1, Maurizio Bruschi 1, Giorgio Moro 2, Ugo Cosentino 1 and Claudio Greco 1,*

and Ulf Ryde 3,*

1 Department of Earth and Environmental Sciences, University of Milano-Bicocca, Piazza della Scienza 1,
20126 Milan, Italy; a.rovaletti@campus.unimib.it (A.R.); maurizio.bruschi@unimib.it (M.B.);
ugo.cosentino@unimib.it (U.C.)

2 Department of Biotechnology and Biosciences, University of Milano-Bicocca, Piazza della Scienza 2,
20126 Milan, Italy; giorgio.moro@unimib.it

3 Department of Theoretical Chemistry, Lund University, Chemical Centre, P.O. Box 124,
SE-221 00 Lund, Sweden

* Correspondence: claudio.greco@unimib.it (C.G.); ulf.ryde@teokem.lu.se (U.R.)

Received: 14 September 2019; Accepted: 4 November 2019; Published: 9 November 2019

Abstract: The Mo/Cu-dependent CO dehydrogenase from O. carboxidovorans is an enzyme that is
able to catalyse CO oxidation to CO2; moreover, it also expresses hydrogenase activity, as it is able
to oxidize H2. Here, we have studied the dihydrogen oxidation catalysis by this enzyme using
QM/MM calculations. Our results indicate that the equatorial oxo ligand of Mo is the best suited
base for catalysis. Moreover, extraction of the first proton from H2 by means of this basic centre
leads to the formation of a Mo–OH–CuIH hydride that allows for the stabilization of the copper
hydride, otherwise known to be very unstable. In light of our results, two mechanisms for the
hydrogenase activity of the enzyme are proposed. The first reactive channel depends on protonation
of the sulphur atom of a Cu-bound cysteine residues, which appears to favour the binding and
activation of the substrate. The second reactive channel involves a frustrated Lewis pair, formed
by the equatorial oxo group bound to Mo and by the copper centre. In this case, no binding of the
hydrogen molecule to the Cu center is observed but once H2 enters into the active site, it can be split
following a low-energy path.

Keywords: CO dehydrogenase; dihydrogen; hydrogenase; quantum/classical modeling; density
functional theory

1. Introduction

Carbon monoxide dehydrogenases (CODHs) have proved to be an essential component for the
biogeochemical carbon monoxide (CO) consumption. They contribute to maintenance of sub-toxic
concentration of CO in the lower atmosphere by processing approximately 2 × 108 tons of it
annually [1]. To date, only two enzymes have been found to be able to use CO as carbon and
energy source [2]. The first type is represented by the oxygen-sensitive Ni,Fe-dependent CO
dehydrogenase enzyme (NiFe-CODH), found in anaerobic bacteria and archea, whereas in aerobic
carboxido-bacteria, such as Oligotropha carboxidovorans, the same function is performed by the
oxygen-tolerant MoCu-dependent CO dehydrogenase (MoCu-CODH) enzyme [3]. These bacterial
enzymes catalyze the oxidation of CO to CO2 following the reaction:

CO + H2O −−→ CO2 + 2 H+ + 2 e–
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In addition to this reaction, both enzymes show the ability to catalyze other reactions, although at
lower activity. Reduction of CO2, following the reverse mechanism, is explicated by NiFe-CODH,
while the ability of oxidizing H2 to protons has been reported for MoCu-CODH [3,4].

The latter belongs to the xanthine oxidase family of enzymes, whose members are usually
characterised by a mononuclear redox-active site, LMoVIOS(OH), with a square-pyramidal
coordination geometry [5]. The oxo (O2−) group is an apical ligand and the equatorial plane has
a dithiolene ligand from a molybdopterin–cytosine dinucleotide (MCD) cofactor, a catalytically labile
hydroxyl group (OH−) and a sulphide ion (S2−) [6]. MoCu-CODH presents a noncanonical binuclear
active site, in which the sulphido ligand bridges to a second metal, –S–Cu–S-Cys and the equatorial
hydroxyl group is deprotonated to form another oxo group. The copper ion is found in a +1 oxidation
state and it is also coordinated by a weakly-bound water molecule [7].

The protein is a (αβγ)2 heterodimer. The active site is located in the large subunit (CoxL; 89 kDa),
the medium subunit (CoxM; 30 kDa) contains a FAD cofactor, whereas the small one (CoxS; 18 kDa)
possesses two [2Fe–2S] iron–sulfur clusters [7].

The protein resting state is characterised by a MoVI(=O)SCuI core. Binding of either CO or H2 is
believed to occur at the CuI centre, allowing the proper placement and activation of the substrate [8,9].
The subsequent steps lead to the transfer of two electrons to the Mo ion. This process is favoured by
the presence of a highly delocalised redox-active orbital over the Mo–μS–Cu moiety [10]. The catalytic
activity of MoCu-CODH is also promoted by the presence of highly conserved amino acids in the
metal second coordination sphere [11]. A glutamate residue (Glu763) positioned in proximity of
the equatorial oxygen ligand of molybdenum is believed to promote deprotonation events [9,12].
In addition, a phenylalanine (Phe390), situated in a flexible loop in front of the copper centre, has been
proposed to contribute to the proper orientation of the Cu-bound ligand [13].

Notwithstanding the fact that the general features of the catalytic reaction cycle of the enzyme
has been clarified thanks to previous experimental and theoretical efforts, a detailed understanding of
the reaction mechanisms for the oxidation of both CO and H2 has not yet been reached. As for
H2, a mechanism for the dihydrogen molecule splitting was proposed by Wilcoxen and Hille
(see Figure 1) [9]. According to electron paramagnetic resonance (EPR) spectroscopy studies,
H2 is believed to coordinate CuI in a side-on fashion. Once the hydrogen is bound, it would be
activated by the metal and could easily be split by extraction of a proton thanks to a nearby base.
Subsequently, a second proton would leave the active site and the two electrons would be transferred to
the Mo centre. To date, no theoretical data have been reported in support of the experimental proposal.
Only one previous theoretical work investigating the hydrogenase activity has been published so
far [14]. In this study, it was unexpectedly found that the copper ion could not bind the H2 substrate.
Therefore, the authors suggested that changes in the active site are needed, for example, by protonation
events, before the catalytic cycle can start. In such context, it is interesting to notice that, to the
best of our knowledge, side-on binding of H2 to molecular species containing a Cu(I) ion has been
previously reported only in a couple of gas-phase case studies, that is, H2–CuCl [15] and H2–CuF [16].
Somehow, the interaction between H2 and the enzyme appears to find a closer parallel with the case of
porous materials containing electron-rich copper ions, such as certain zeolites proposed for H2 storage
applications [17–19] and Prussian-blue analogues [20].

Figure 1. Reaction mechanism for H2 activation proposed by Wilcoxen and Hille on the basis of
experimental results [9].

In the present work we present a plausible mechanistic picture for the MoCu-CODH hydrogenase
activity, taking into account the effects of the protein matrix by means of hybrid quantum
mechanical/molecular mechanical (QM/MM) enzyme models.
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2. Results and Discussion

2.1. Study of H2 Binding Modes to the Copper Centre

We started with an investigation of the most plausible binding sites for the H2 substrate.
Considering the resting state of the protein, two types of coordination to the copper centre were
considered (1HR and 2HR in Figure 2). We find that H2 can bind to the Cu ion both when the latter
is bi-coordinated (μS–Cu–S-Cys388) and also when the Cu coordination sphere includes a weakly
bound water molecule, as proposed in previous investigations of the enzyme resting state [7,13].
The hydrogen molecule is found to be slightly activated, with a H–H distance of 0.77 Å in both cases
(the equilibrium distance of H2 at BP86/def2-TZVP level is 0.75 Å).

For both binding modes, we estimated the binding energy of H2 to CuI by comparing the energy
of the coordinated structure to the corresponding one in which H2 is not linked to copper but it is
already present in the active site (1HNoB and 2HNoB in Figure 3). The resulting QM/MM total
energy differences were found to be +46.9 and +46.4 kJ/mol, in the absence (1H) or presence of the
coordinated water molecule (2H), respectively (see Table 1).

Table 1. Relative energies (kJ/mol) calculated using the quantum mechanical/molecular mechanical
(QM/MM) approach at B3LYP-D3(BJ)/def2-TZVPD level.

NoB R P1 TS P TS2 P2

1H −46.9 0.0 57.7 −2.9 31.8 −130.1
2H −46.4 0.0 83.3
3H −10.9 0.0 29.3 28.0 56.4 −90.8

1H-FLP 0.8 0.0 45.2 44.4 79.1 −82.8

Figure 2. Binding modes of H2 to CuI characterised by means of QM/MM calculations considering
different copper coordination modes (1HR, bi-coordinated; 2HR, tri-coordinated), active site protonation
states (3HR, protonated Cys388) and the stable intermediate 1H-FLP_R. All distances are in Å.

Figure 3. QM/MM optimised structures of intermediates where the H2 molecule is present in the
active site but not bound to the Cu ion, considering different copper coordination modes (1HNoB,
bi-coordinated; 2HNoB, tri-coordinated), active-site protonation states (3HNoB, protonated Cys388).
All distances are in Å.
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Thus, formation of these reactants was found to be strongly unfavourable from an energetic point
of view. Therefore, we contemplated the possibility that a sterically hindered Lewis acid–Lewis base
pair (a so-called frustrated Lewis pair, FLP), may form in the active site, which would eventually lead
to heterolytic H2 cleavage. Indeed, combination of Lewis acid and bases have been demonstrated
to activate a wide range of small molecules [21]. Moreover, the plausible involvement of an FLPs
in enzymatic catalysis has been recently proposed for the H2 splitting by [NiFe]-hydrogenase [22]
and an FLP might actually be active also in the case of [FeFe]-hydrogenases [23–25].

We found a variant of 1HR (1H-FLP_R in Figure 2), in which H2 assumes a different position
in the active site, such that the Mo–Oeq atom and the copper centre appear to be able to act as a FLP.
The 1H-FLP_R reactant is characterised by a H2 molecule positioned in front of the copper atom,
with long Cu–HH2 distances (2.80 and 2.93 Å) and a Oeq–HH2 distance of 2.33 Å. 1H-FLP_R was found
to be 0.8 kJ/mol lower in energy than the 1HNoB species in which the hydrogen molecule is separated
from the bimetallic centre.

Based on previous literature, which proposed that the active site could be protonated prior to
substrate binding [14,26], we also evaluated the influence of protonation on the coordination of H2

to the metal. Protonation of the bridging sulphide ion turned out not to favour dihydrogen binding,
as no H2-bound geometry was found on the QM/MM potential energy surface. On the other hand,
protonation of the sulphur atom of Cys388 favours coordination of H2 to Cu. The latter process
would lead to the formation of a H2-coordinated geometry (3HR in Figure 2), in which dihydrogen is
activated to a H–H bond of 0.78 Å and the computed binding energy is +10.9 kJ/mol.

It is noticeable that energy minimizations of the one-electron reduced counterparts of 1HR,
2HR and 3HR lead to the detachment of the hydrogen molecule from the copper centre. This result
is not compatible with the experimental outcomes that identified a H2-bound MoVCuI species by
means of EPR experiments [9]. However, since one-electron reduced counterparts do not represent
plausible intermediates in the catalytic cycle—there are no evidences that H2 binding is followed by
Mo reduction, prior to substrate oxidation—we have not investigated this aspect any further. The aim
of the work is focused on the mechanistic characteristics of the H2 oxidation reaction, the details of
which are described in the subsequent sections.

2.2. Exploring Basic Residues in the Active Site

Next, we investigated which functional group may represent the base for the abstraction of the
first proton from the activated hydrogen molecule. We considered the Glu763 residue, which has
been suggested to take part into deprotonation events (vide infra) and the equatorial oxo ligand
of molybdenum. As for the reactants, we considered not only 1H-FLP_R and 3HR but also 1HR

and 2HR. In fact, even though H2 binding in the latter two cases was computed to be disfavoured,
one cannot completely rule out the hypothesis that such adducts have some minor role in dihydrogen
oxidation catalysis, a possibility that would be enabled in case the subsequent reaction steps are
associated with an overall smooth energy profile.

The two bases would lead to the formation of two copper hydrides (see Figure 4), namely either
GluOOH–CuIH (P1) or Mo–OH–CuIH (P). For the 1HR and 2HR states (see Figure 2), the oxygen of the
glutamate residue is closest (the OGlu–HH2 distance is 1.87 Å and 1.89 Å for 1HR and 2HR), while the
Mo–oxo ligand is 3.09 and 3.28 Å from the closest H atom of H2, respectively. However, for 3HR, Oeq is
the closest base (the O–H distance is 1.91 Å) while the oxygen of Glu763 is 3.83 Å away.
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The search for the GluOOH–CuIH products was found to be challenging, as the glutamic
acid sidechain in the guess geometries turned out to release a proton to reform a Cu-bound H2

along optimizations. Therefore, to optimize the intermediates 1HP1 and 2HP1, (see Figure 5) we had
to fix the OGlu–H distance; this was done in the hypothesis of the existence of a barrier for proton
transfer, although so small that convergence on the desired minimum could be hampered by the
choices made on the starting input structures to be optimized. The total energy differences of these
structures, with respect to the corresponding reagents, were found to be 57.7 and 83.3 kJ/mol for 1H

and 2H, respectively. In the case of 3H, no GluOOH–CuIH (3HP1) product was found.

Figure 4. Copper–hydride complexes formed by proton extraction by means of Glu763 (P1) or Mo–Oeq (P).

Figure 5. QM/MM optimised structures of the copper hydride complexes formed by proton abstraction
by means of Glu763 (P1). All distances are in Å.

The product formed by extraction of the proton by the equatorial ligand of Mo (P) was not
found in the case of 2H, whereas it corresponds to structures with a total energy difference of −2.9
and 28.0 kJ/mol with respect to the reagents for 1H and 3H, respectively (1H-FLP_P in Figure 6
and 3HP in Figure 7). 1H-FLP_P can also represent the product for the H2 splitting reaction starting
from the 1H-FLP_R structure. In this case, the resulting Cu–hydride was found to be 44.4 kJ/mol less
stable than the reagent.
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Figure 6. QM/MM structures of intermediates and transition states (in square brackets) of species
involved in the catalytic cycle B (see Figure 8). All distances are in Å.

Figure 7. QM/MM structures of intermediates and transition states (in square brackets) of species
involved in the catalytic cycle A (see Figure 8). All distances are in Å.
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2.3. Plausible Activation Mechanisms for H2 Splitting

Based on the above results on the relative energies of the intermediates potentially involved in
the catalysis, we proceeded with the computation of the activation barriers in order to estimate which
reaction mechanism would represent the most energetically favourable path for the hydrogenase
activity of MoCu-CODH.

Starting from the H2-bound conformation 1HR, we have just shown that the equatorial Mo–oxo
ligand represents the most favourable basic group for the first proton abstraction, leading to a rather
stable product (1H-FLP_P). However, despite extensive efforts, we were not able to locate any transition
state for the reaction 1HR → 1H-FLP_P. This issue is probably due to the large distance between
the labile proton and the base. We also considered the 1HR → 1HP1 reaction because, even if the
GluOOH–CuIH product is not as stable as the Mo–OH–CuIH product, the whole catalysis may be
driven by subsequent exoenergetic reactions. However, again, no transition state was found.

On the other hand, the 1H-FLP_R species can be linked to the 1H-FLP_P product through a
low-lying transition state (1H-FLP_TS), reported in Figure 6. The reaction 1H-FLP_R → 1H-FLP_P

was found to be endergonic (ΔE = 44.4 kJ/mol) with an associated activation barrier of 45.2 kJ/mol.
The latter results support the hypothesis that Cu and the totally oxidised equatorial ligand of
molybdenum could play the role of a FLP.

For the complex with a water molecule at the copper centre (2HR), we could not locate any
transition state geometry that would allow the deprotonation of the hydrogen molecule by the anionic
Glu763 residue.

Finally, we considered protonation of Cys388 and found that such protonation can be functional
for the hydrogenase activity. In fact, in this case the activation energy for H2 cleavage involving
the equatorial oxo-ligand is only 29.3 kJ/mol (3HTS in Figure 7), that is, 15.9 kJ/mol lower than
for 1H-FLP.

Independently of the protonation state of Cys388, our results support a mechanism in which
the equatorial oxo group of Mo extracts the first proton. Such process is characterised by a rather
low activation barrier that may allow a relatively rapid proton exchange, in accordance with
experimental evidence [9]. However, differently from what was hypothesised in the literature [9],
we propose that this rapid proton exchange is promoted by the oxo ligand on Mo, rather than
by Glu763. Moreover, the equilibrium of this step favours the H2 reactant complex over copper
hydride in both cases, as discussed by Wilcoxen and Hille in light of the pH independence of
the reaction. Finally, the intermediates 3HP or 1H-FLP_P should be converted to the fully reduced
form of the enzyme by the transfer of the Cu-bound hydride to the (now protonated) Oeq, giving
MoIVO(OH2)CuI [8,13,27] (P2; see Figure 8). In both cases, the resulting reduced intermediates were
found to be very stable, −90.8 and −82.8 kJ/mol for 3HP2 and 1H-FLP_P2, respectively (see Table 1
and Figures 6 and 7). Moreover, the reaction barriers for the above two reactions are relatively
low (28.4 and 34.7 kJ/mol, respectively). Finally, the reverse reactions are energetically impeded
since the reverse activation barriers exceed 140 kJ/mol in both cases (TSs energies are and 147.2
and 161.9 kJ/mol respectively). Again, this is in good agreement with experiments, showing no
production of H2 by the enzyme [9].
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Figure 8. Proposed catalytic cycles for the oxidation of H2 by means of MoCu-CODH considering
either the presence of protonated (A) and deprotonated (B) Cys388.

3. Methods

3.1. The Protein

All calculations were based on the crystal structure of MoCu-CODH hydrogenase in its oxidised
form (PDB ID: 1N5W) [7]. Only the large subunit (CoxL) of one monomer, containing the active site,
was considered in this study. The enzyme was set up in the same way as in our previous study [28].
The protonation state of all the residues was determined based on calculations with PROPKA [29]
and on studies of the hydrogen-bond pattern, of the solvent accessibility and of the possible formation
of ionic pairs. All Arg, Lys, Asp and Glu residues were assumed to be charged, with exception of Glu29
and Glu488 that were protonated on OE2, whereas Asp684 was protonated on OD1. Cysteine ligands
coordinating to metals were deprotonated. Among the His residues, His61, 339, 766 and 793 were
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protonated on the ND1 atom, His177, 178, 210, 213, 243, 700, 753, 754 and 788 were assumed to be
protonated on NE2 atom, whereas the other His residues were assumed to be doubly protonated.
The protein was solvated with water molecules, forming a sphere with a radius of 60 Å around the
geometric centre of the protein. The added protons and water molecules were then optimised by
a 1-ns simulated-annealing molecular-dynamics simulation, followed by energy minimization [28]
(for details on the adopted force field, see the next subsection).

3.2. QM/MM Calculations

The QM/MM calculations were performed with the ComQum software [30,31]. According to
this approach, the protein and the solvent are split into three subsystems—System 1 corresponds to
the QM region and it was relaxed by QM methods. It consisted of the molybdenum ion and its first
coordination sphere (two O2−, the bridging sulphide and the MCD cofactor, truncated to exclude
the phosphate and cytosine moieties), the copper ion, the ligand molecules H2, H2O, as well as the
sidechains of residues Cys388 and Glu763 (see Figure 9).

Figure 9. Composition of the QM system within the hybrid QM/MM model of the enzyme, in the form
free from H2/H2O ligands at the Cu centre.

System 2 consists of all residues with any atom within 6 Å of any atom in System 1, whereas
System 3 contains the remaining part of the protein and the water molecules. The latter two systems
were kept fixed at the crystallographic coordinates in the QM/MM calculations.

In the QM calculations, System 1 was represented by a wavefunction whereas all the other atoms
were represented by an array of partial point charges.

When there is a covalent bond between the QM and MM systems, the QM system was truncated
using the hydrogen link-atom approach [32]. The QM system was capped with hydrogen atoms
(hydrogen link atoms, HL), the position of which are linearly related to the corresponding carbon
atoms (carbon link atoms, CL) in the full system [30]. All atoms were included in the point-charge
model, except the CL atoms. ComQum employs a subtractive scheme with electrostatic embedding
and van der Waals link-atom corrections [33]. The total QM/MM energy is calculated as

EQM/MM = EHL
QM1+ptch23 + ECL

MM123,q1=0 − EHL
MM1,q1=0 (1)

where EHL
QM1+ptch23 is the QM energy of System 1 truncated by HL atoms and embedded in the set

of point charges modeling Systems 2 and 3. EHL
MM1,q1=0 is the MM energy of System 1, truncated by

HL atoms, without any electrostatic interactions. ECL
MM123,q1=0 is the classical energy of the whole

system, with CL atoms and with the charges in System 1 set to zero, to avoid double counting of the
electrostatic interactions. The QM calculations were carried out using TURBOMOLE 7.1 software [34].
Geometry optimizations and TS searches (the latter based on minimizations with geometric constraints
imposed step-wise to selected atoms, along the putative reactive path) were performed using the BP86
functional [35,36] in combination with def2-TZVP basis set [37]. All calculations included Grimme’s
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dispersion correction with Becke–Johnson damping (D3(BJ)) [38]. The resolution-of-identity technique
was employed to accelerate the calculations [39].

The MM calculations were performed with the Amber software [40], using the Amber ff14SB force
field for the protein [41] and the general Amber force field [42] with restrained electrostatic potential
(RESP) charges [43] for H2 and MCD. The two Fe2S2 clusters were described with RESP charges and a
non-bonded model (they are kept fixed in the calculations).

4. Conclusions

We have studied dihydrogen oxidation by MoCu-CODH using QM/MM calculations. Our results
indicate that the equatorial oxo ligand of Mo is a better base than Glu763 during catalysis.
Moreover, extraction of the first proton from H2 by means of this basic centre leads to the formation of
a Mo-OH–CuIH hydride that allows for the stabilization of the copper hydride, otherwise known to be
very unstable [44]. It is intriguing to notice that our proposal of a direct involvement of the Mo-bound
oxo group in H2 splitting finds a conceptually similar case in a recently published mechanistic
study on the [Fe]-hydrogenase. In the latter enzyme, a deprotonared OH group that belongs to
the iron–guanylylpyridinol cofactor and that is in γ-position with respect to the metal-activated
H2, was suggested to be involved in substrate splitting [45]. Such mechanistic picture on the
[Fe]-hydrogenase was the result of crystallographic studies that took advantage of the fact that
the latter enzyme exists in two forms—an open substrate-accessible form and a closed catalytically
active form. This is not the case for MoCu-CODH; however, key details on the proton transfer events
following H2 binding might still be gained at experimental level, most likely by means of application
of high-sensitivity infrared spectroscopy techniques (see for example, Reference [46]).

In light of our results, two plausible mechanisms for the hydrogenase activity of the enzyme
can be proposed, as reported in Figure 8. The first reactive channel (cycle A in Figure 8) depends on
protonation of the sulphur atom of Cys388, which appears to favour the binding and activation of
the hydrogen molecule. The second reactive channel involves a frustrated Lewis pair, formed by the
Mo–Oeq oxo group and the copper centre (cycle B in Figure 8). In this case, no binding of the hydrogen
molecule to the Cu center is observed but once H2 enters into the active site, it can be split following a
low-energy path. All in all, we cannot exclude that both pathways may be active in MoCu-CODH,
thus enhancing the overall catalytic turnover. The two mechanisms for H2 oxidation are characterized
by energy profiles that were found to be quite similar (see Figure 10) and although the FLP-based
mechanism features a ~20 kJ/mol higher rate-determining barrier, it does not require any preliminary
active-site protonation. However, the H+ source for protonation of Cys388 might be the H2 molecule
itself, as a result of a possible proton transfer following initial H2 splitting at the active site by means of
the FLP mechanism. Alternatively, protonation of Cys388 may occur as a parallel, concerted process at
the onset of H2 oxidation catalysis. Notably, the existence of a pair of distinct proton pathways has been
recently suggested for [FeFe]-hydrogenases. There, a ”regulatory” protonation of the [4Fe–4S] portion
of the hexanuclear active site was proposed to occur in concomitance with a ”catalytic” protonation
step occurring at the di-iron portion of the same active site [47]. The results presented in the latter
study and—hopefully—those discussed in the present paper are likely to provide useful information
for future efforts to deepen insights into proton transfer mechanisms from and to the MoCu-CODH
active site.
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Figure 10. QM/MM energy profiles (in kJ/mol) for the oxidation of H2 in MoCu-CODH, considering
either the presence of protonated (profile traced in green) or deprotonated (profile traced in blue)
Cys388.
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Abstract: In this study, by employing a common synthetic protocol, an unusual and unexpected
tetra-nuclear nickel dithiolene complex was obtained. The synthesis of the [Ni4(ecpdt)6]2− dianion
(ecpdt = (Z)-3-ethoxy-3-oxo-1-phenylprop-1-ene-1,2-bis-thiolate) with two K+ as counter ions was
then intentionally reproduced. The formation of this specific complex is attributed to the distinct
dithiolene precursor used and the combination with the then coordinated counter ion in the molecular
solid-state structure, as determined by X-ray diffraction. K2[Ni4(ecpdt)6] was further characterized
by ESI-MS, FT-IR, UV-Vis, and cyclic voltammetry. The tetra-nuclear complex was found to have an
uncommon geometry arising from the combination of four nickel centers and six dithiolene ligands.
In the center of the arrangement, suspiciously long Ni–S distances were found, suggesting that the
tetrameric structure can be easily split into two identical dimeric fragments or two distinct groups of
monomeric fragments, for instance, upon dissolving. A proposed variable magnetism in the solid-state
and in solution due to the postulated dissociation was confirmed. The Ni–S bonds of the “inner” and
“outer” nickel centers differed concurrently with their coordination geometries. This observation
also correlates with the fact that the complex bears two anionic charges requiring the four nickel
centers to be present in two distinct oxidation states (2 × +2 and 2 × +3), i.e., to be hetero-valent.
The different coordination geometries observed, together with the magnetic investigation, allowed
the square planar “outer” geometry to be assigned to d8 centers, i.e., Ni2+, while the Ni3+ centers (d7)
were in a square pyramidal geometry with longer Ni–S distances due to the increased number of
donor atoms and interactions.

Keywords: mixed-valence complex; dithiolene ligand; tetra-nuclear nickel complex; X-ray structure;
magnetic moment

1. Introduction

Ene-dithiolate or dithiolene ligands have been compounds of interest in the scientific community
since the 1960s [1–5]. At first, they were mostly investigated for their complexes’ electronic structures and
reactivity, and then in the context of materials chemistry, e.g., regarding electronic and non-linear optical
properties [6,7]. They have since also attracted much attention as model ligands for molybdopterin (mpt—a
natural ligand found in the cofactors of molybdenum and tungsten-dependent oxidoreductases) [8–11].
A specific characteristic of dithiolene ligands is their non-innocence, i.e., their ability to donate electrons
to the coordinated metal ion. Such behavior was also proposed and discussed for the molybdopterin
ligand coordinated to molybdenum or tungsten concurrent with enzymatic turnover processes [12].
More recently, dithiolene ligands were employed in bioinorganic model chemistry targeting hydrogenase
enzymes’ active sites [13].
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Nickel, as a bio-metal, is most often found in combination with sulfur donor atoms, including
Ni–Fe hydrogenases, in which the nickel ion and the iron ion of the active site are bridged by cysteinate
sulfur atoms. This has led to many related bio-inspired model compounds, including those in which
two sulfur bridged nickel ions were used for such species [14–20].

From the very beginning of dithiolene chemistry, nickel has always been an integral part of many
respective investigations, either in the course of the synthesis of dithiolene ligands [21,22] as a dithiolene
ligand transmitter to other metal ions (e.g., molybdenum or tungsten) [21,23–27] or as a central metal of
interest for potential applications [7,28–33]. Such applications of dithiolene-bearing compounds include
molecular materials with conducting [34], magnetic [35,36], and optical [37] properties on account of their
unique electronic structure.

A combination of sulfur donor dithiolene ligands and coordinated nickel ions is therefore relevant
for problems related to bioinorganic and inorganic/materials chemistry and with respect to a focus on
either ligands, metals, or both (i.e., their specific combination).

Homoleptic bis-dithiolene complexes, in particular those of group 10 and group 11 metals,
[M(dithiolene)2]n− (n = 0–2), most often exhibit a square planar geometry, which is occasionally slightly
distorted [38–42]. Depending on the electron configuration, a tetrahedral geometry might also be
accessible, for instance with Ag+ [43]. Typically, when homoleptic nickel bis-dithiolene complexes
oligomerize, sulfur donor atoms become bridging ligands occupying the apical position of one of the
coordinated nickel centers in the square pyramidal geometry [31,44].

Metal dithiolene complexes are generally able to form different types of networks by covalent [45]
and non-covalent bonds [46], while extended networks with nickel centers are comparatively rare. In cases
where two or more nickel ions are bridged by dithiolene sulfur donor atoms, the metal centers might adopt
different or partial formal oxidation states. These species can be stabilized by a significant contribution of
the extendedπ-ligands to their frontier orbitals [35]. Respective observations were made with oligo-nuclear
nickel complexes, such as [Ni2(edt)3]2−, [Ni3(edt)4]2− (edt = ethane-1,2-di-thiolate) [47], [Ni2(dmit)3] (dmit
= 2-thione-1,3-dithiole-4,5-dithiolate) [48], [AsPh4]2[Ni3(pdt)2(dmit)2], and [NEt4]2[Ni5(edt)4(dmit)2]2−
(pdt = propane-1,2-dithiol, edt = ethane-1,2-dithiol, dmit = 2-thione-1,3-dithiole-4,5-dithiolate) [49].
In 2011, Neves et al. [35] reported an interesting mixed-valence tetra-nuclear nickel dithiolene complex
[K(18-crown-6)]2[Ni4(α-tpdt)4] (α-tpdt = 2,3-thiophenedithiolate) with a structure that was unique at
that time and constitutes the only known analog of the novel tetrameric complex which is presented
here. The originally targeted nickel dithiolene complex in the present investigation was initially merely of
interest as a dithiolene ligand transmitter to a molybdenum center in a procedure, which typically works
rather well and is commonly applied in our group [21,23–25,50,51]. With the specific ligand system used
(a dithiolene with one phenyl substituent on one carbon of the ene function and one carboxylic acid ethyl
ester group on the other), the reaction did not turn out as expected. Instead of the envisaged mono-nuclear
nickel bis-dithiolene complex, a mixed valence tetra-nuclear nickel complex was obtained, in which half
of all dithiolene sulfur donor atoms were in bridging positions between the two nickel centers. As the
obtained complex is a very uncommon type (only one precedent, [35]), nickel centers bridged to other
cations (whether nickel or any other metal) by sulfur donor atoms are biologically relevant with regard
to hydrogenases, and nickel dithiolene chemistry is generally important (as evidenced by significant
ongoing publication activities—vide supra), the complex obtained was investigated comprehensively and
in detail, and the results of this study are presented here.

2. Results and Discussion

One of the most reliable and comparatively convenient procedures for the synthesis of dithiolene
ligands (originally developed by Garner’s group in particular for those with unsymmetrical substitutions on
the ene) employs the xanthogenation of α-bromoketones, followed by an acidic cyclization reaction [9,52].
Accordingly, the starting material in this study, ethyl benzoyl acetate, was treated with N-bromosuccinimide
(NBS) in solvent-free conditions (Scheme 1) and purified by Kugelrohr distillation. The colorless
oily product, 1, was subsequently reacted with the potassium salt of o-isopropyl xanthate to replace
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the bromine substituent by the R-CS2
− moiety, affording xanthogenated compound 2 in 84% yield.

The targeted dithiolene precursor 4-ethylcarboxylate-5-phenyl-1,3-dithiole-2-one (ecpdt = CO, 3) was
obtained as a colorless crystalline solid through an acidic cyclization reaction with H2SO4 in a diethyl
ether/dichloromethane solvent system and purified by column chromatography. Ligand precursor 3 was
characterized inter alia by single-crystal X-ray diffraction (Figure 1).

Scheme 1. The three-step preparation of ligand precursor ecpdt = CO (3) from commercially available
ethyl benzoyl acetate.

Figure 1. Top left: Molecular structure of 3 shown with 50% probability thermal ellipsoids. Selected
bond lengths (Å) and angels (◦): [C1–O1: 1.221(5), S1–C1: 1.761(4), S1–C2: 1.756(4), S2–C1: 1.764(4),
S2–C3: 1.747(4), C2–C3, 1.353(5)]; [C2–C3–S2: 96.10(19), C3–C2–S1: 97.27(19), S1–C1–S2: 123.8(3)].
Bottom left: Non-classical intermolecular hydrogen bonding interactions (shown in light blue) forming
chains, which protrude along the crystallographic b-axis (carbon: gray, hydrogen: white, oxygen: red,
and sulfur: yellow). Right: Projection view of the crystal packing along the crystallographic b-axis.

The nickel cluster as part of 4 was first synthesized unintentionally, and then on purpose,
by reacting nickel(II) chloride with the de-protected form of 3, i.e., the ecpdt2− ligand, which was
generated in situ by the addition of KOH in dry and degassed MeOH (Scheme 2). This reaction with
the typical 2:1 stoichiometry, using molecular oxygen in air as the oxidant, usually leads to a nickel(III)
bis-dithiolene complex, which had been the original target and was planned to be used in a dithiolene
trans-metalation reaction. Here, however, an unexpected transformation took place. The raw product
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was initially obtained upon drying as a brownish powder and then recrystallized by the slow diffusion
of diethyl ether into an acetonitrile solution of 4 at room temperature while exposed to air, yielding
black cube-shaped crystals with a reddish shine. The molecular structure of the Ni-tetrameric anion of
4 is shown in Figure 2, while all components of the crystal structure are displayed to the left in Figure 3.

 
Scheme 2. Preparation of the nickel-tetramer salt K2[Ni4(ecpdt)6] (4) (Et = ethyl, Ph = phenyl).

 

Figure 2. Molecular structure of the di-anion of 4·2CH3CN·2Et2O shown with 50% probability thermal
ellipsoids (the two potassium counter cations, disordered minor occupancies, H atoms, and lattice
solvents are omitted and only heteroatom labels are shown for clarity reasons; see the Supplementary
Material, Figure S16, for a fully labeled version; label extension A refers to symmetry (1−x, 1−y, 1−z)
generated atoms).

4·2CH3CN·2Et2O crystallizes in monoclinic space group P21/n. The asymmetric unit consists of
half the tetrameric di-anion, one potassium cation, one acetonitrile, and one diethyl ether. The complete
molecular structure is generated by a symmetry operation (i.e., inversion in the center of the unit cell;
1−x, 1−y, 1−z). The unit cell of 4·2CH3CN·2Et2O contains a total of two di-anions and four potassium
ions as counter cations, although one anion is located in the very center. Each of the potassium ions is
coordinated by one dithiolene ligand’s sulfur donor atom plus three carbonyl oxygen donor atoms
of the ester substituents (all belong to the Ni-tetrameric di-anion), as well as by one nitrogen donor
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atom and another oxygen donor atom from the two coordinated solvent molecules (acetonitrile and
diethyl ether), thereby resulting in a coordination number of six for the potassium cations (Figure 3).
The four nickel centers of the anion are arranged in-line and the whole complex and entire structure
are centrosymmetric. Selected bond lengths and angles of the anionic tetrameric nickel complex of 4

are listed in Table 1.

Table 1. Selected bond lengths [Å] and angles [o] for 4·2CH3CN·2Et2O (label extension A refers to symmetry
(1−x, 1−y, 1−z) generated atoms; all data are presented in the Supplementary Material, Table S2).

Bond Lengths Bond Angles

Ni(1)–Ni(2) 2.6747(11) S(1)–Ni(1)–S(2) 91.82(6)
Ni(2)–Ni(2A) 2.9187(16) S(1)–Ni(1)–S(3) 84.52(6)

Ni(1)–S(1) 2.1487(17) S(1)–Ni(1)–S(4) 176.32(7)
Ni(1)–S(2) 2.1482(17) S(1)–Ni(2)–S(3) 77.09(6)
Ni(1)–S(3) 2.1725(17) S(1)–Ni(2)–S(5) 164.00(6)
Ni(1)–S(4) 2.1464(18) S(1)–Ni(2)–S(5A) 95.06(6)
Ni(2)–S(1) 2.3125(16) S(1)–Ni(2)–S(6) 92.80(6)
Ni(2)–S(3) 2.3509(16) S(3)–Ni(2)–S(5) 94.06(6)
Ni(2)–S(5) 2.1758(16) S(3)–Ni(2)–S(5A) 102.43(5)

Ni(2)–S(5A) 2.3554(16) S(3)–Ni(2)–S(6) 156.26(6)
Ni(2)–S(6) 2.1793(16) S(5)–Ni(2)–S(5A) 99.91(6)
C(1)–C(4) 1.366(8) S(5)–Ni(2)–S(1) 90.24(6)

C(11)–C(14) 1.364(8) Ni(1)–Ni(2)–S(5) 113.74(5)
C(21)–C(24) 1.369(8) Ni(1)–Ni(2)–S(5A) 136.58(5)

Ni(1)–Ni(2)–Ni(2A) 152.41(4)

  
(a) (b) 

Figure 3. (a) The entire molecular structure of crystalline K2[Ni4(ecpdt)6]·2CH3CN·2Et2O
(4·2CH3CN·2Et2O) highlighting all contacts around the three distinct metal centers (Ni1, Ni2, and
K1); disordered minor occupancies not shown; carbon: gray, hydrogen: white, oxygen: red, sulfur: yellow,
nickel: green, and potassium: purple. Selected bond lengths in Å: K1–O1: 2.591(5), K1–O3: 2.651(5),
K1–O5: 2.676(5), K1–O7: 2.744(8), K1–S5: 3.378(2), and K1–N1: 2.831(8); (b) arrangement of nickel centers
and coordinated dithiolene ligands (the ligand substituents are omitted for clarity); notably, the Ni2 centers
are slightly dislocated above and below the S1, S3, S5, and S6 planes (darker pink), while Ni1 resides more
firmly in the plane (brighter pink) of its four surrounding sulfur donor atoms (S1, S2, S3, and S4).

The average Ni–S distance for Ni1 (the outer square-planar nickel center) is 2.154 Å, while the
three distances range from 2.1464 Å to 2.1487 Å and one is notably longer, with a value of 2.1725 Å
(S3). For Ni2 (the inner square-pyramidal nickel center), the average bond length is 2.275 Å and the
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distances can be divided into two sets. One dithiolene ligand is only coordinated to Ni2 and has no
interaction with Ni1. The respective Ni–S distances are 2.1758 Å (S5) and 2.1793 Å (S6). S5 binds
to both Ni2; once in a basal position as part of the ene-dithiolate chelate and secondly in a bridging
fashion (Ni2–S5–Ni2) occupying the apex of the second nickel’s pyramidal coordination polyhedron.
The distance to this second Ni2 is 2.3554 Å. The other two Ni2–S distances each involve one sulfur
donor atom of the two dithiolene ligands forming chelates with Ni1 (Ni2–S1: 2.3125 Å and Ni2–S3:
2.3509 Å). Conspicuously, both S1 and S3 belong to the ester sides of the dithiolene ligands (not the
phenyl side). All individual and average Ni–S distances are longer for the inner five-coordinated
nickel centers than they are for the outer four-coordinated nickel centers. This points to Ni1 being
smaller, with a more oxidized center, and Ni2 being larger and more reduced. This contrasts with
the nearly perfectly square-planar geometry around Ni1 being most often associated with a d8 metal
center (i.e., corresponding to more reduced Ni2+). At the same time, the coordination shell around
Ni2 is more crowded, engaging five instead of only four ligands. This might contribute to elongation
of the Ni–S bonds, despite a higher oxidation state. Notably, the longer ones of the Ni–S bonds, i.e.,
those which surpass 2.3 Å, mean that the Ni and S atoms have distances which are longer than the sum
of their covalent radii (2.29 Å [53]), suggesting only comparably weak attraction/interaction. While
Ni1 is clearly strongly coordinated by all four sulfur donor atoms of its two dithiolene ligands, three
out of the five Ni–S interactions of Ni2 are significantly weakened beyond a typical Ni–S single bond.
The longest, and thus weakest, Ni–S distance is the one which holds the two identical halves of the
tetramer together, i.e., the apical coordination of S5 to the second Ni2 in the complex’s center. Notably,
S5 not only bridges the two Ni2 centers, but also interacts with the potassium counter ion (S5–K1:
3.378(2) Å). This distance is very close to the sum of their covalent radii (3.39 Å [53]) and it will take
away at least some electron density from the Ni2–S5 bonds, thereby weakening them. The longer
nickel–sulfur bonds are, in fact, consistent with a dissociation (vide infra) of the tetrameric complex
in solution, as has been observed previously for dimeric species with different central metals, which
are closely related to the central structural Ni2/Ni2 motif of 4·2CH3CN·2Et2O [54,55]. The central
Ni2–Ni2A distance across the perfectly planar, lozenge-shaped four-membered ring (formed with two
S5 sulfur bridges) is with 2.9178(15) Å longer than the Ni1–Ni2 distance of 2.6750(10) Å. The observed
Ni–Ni distances are both in the range, yet slightly shorter compared to the respective distances in the
previously described related [Ni4(α-tpdt)6]2− complex (3.142(3) Å and 2.756(2) Å) [35]. Based on a
detailed DFT computational study and due to the absence of bond critical points and the occupation of
antibonding molecular orbitals, Neves et al. dismissed the presence of relevant Ni–Ni bonding in their
Ni4 species [35] and due to the very close similarity of the two tetrameric complexes, it can be assumed
that there are no actual metal–metal bonds in 4·2CH3CN·2Et2O either.

With regard to assigning the two oxidation states (+2 and +3) to the inner and outer nickel
centers, metrical structural parameters of the C–S and C=C bonds in the three dithiolene ligands of the
asymmetric unit are also of interest. Dithiolene ligands are non-innocent and can push more electron
density than usual towards a coordinated metal ion using their π system, including the lone pairs in
the sulfur p-orbitals (see the review by Yang et al. in Special Issue “Transition Metals in Catalysis:
The Functional Relationship of Fe–S Clusters and Molybdenum or Tungsten Cofactor-Containing
Enzyme Systems” of Inorganics) [54,56]. The ligand’s extra electron density donation beyond a single
coordinative σ-bond comes at the expense of the C=C double bond strength and is concurrent with
the formation of a partial C=S bond character. Non-innocent behavior, therefore, results in slightly
elongated C–C and slightly shortened C–S distances (with the latter quite often only being on one side
of the ene-dithiolate ligand). Typically, the resultant bond lengths suggest a mixed single/double bond
character for both interactions; most often residing more on the side of the ene-dithiolate forms.

In the protected ligand precursor 3, the C=C double bond is 1.353(5) Å long and the C–S distances
are 1.747(4) Å (phenyl side) and 1.756(4) Å (ester side) (see Table 2). In the ligand, which is only
coordinated to Ni2 in 4·2CH3CN·2Et2O, the double bond is elongated (C21–C24: 1.369(8) Å), the ester
side C–S distance is slightly shortened (C21–S5: 1.748(6) Å), and the phenyl side C–S distance is
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significantly shortened (C24–S6: 1.712(6) Å). This supports the presence of a moderate non-innocent
effect and a sulfur-mediated push of electron density out of the C=C double bond towards the
coordinated nickel center.

Table 2. Atom to atom distances [Å] of C=C and C−S bonds in ligand precursor 3 and complex salt
4·2CH3CN·2Et2O.

3 4·2CH3CN·2Et2O

C(2)–C(3) 1.353(5) C(1)–C(4) 1.366(8)
C(2)–S(1) (ester side) 1.756(4) C(1)–S(1) (ester side) 1.745(6)

C(3)–S(2) (phenyl side) 1.747(4) C(4)–S(2) (phenyl side) 1.711(6)
C(11)–C(14) 1.364(8)

C(11)–S(3) (ester side) 1.749(6)
C(14)–S(4) (phenyl side) 1.729(6)

C(21)–C(24) 1.369(8)
C(21)–S(5) (ester side) 1.748(6)

C(24)–S(6) (phenyl side) 1.712(6)

Ni1 is firmly bound by two chelating dithiolene ligands. The respective ligands’ bond lengths here
also exhibit an elongation of the C=C distances (C1–C4: 1.366(8) Å, C11–C14: 1.364(8) Å), while the C–S
distances are significantly shortened on the phenyl sides (C4–S2: 1.711(6) Å and C14–S4: 1.729(6) Å)
and more subtly on the ester sides (C1–S1: 1.745(6) Å and C11–S3: 1.749(6) Å). Overall a non-innocent
effect is present here as well, but to a lesser extent overall. Interestingly, for all three dithiolene ligands,
the phenyl sides exhibit the shorter C–S distances, suggesting that this is the sulfur atom which moves
more electron density towards the nickel center, even though it is, in all cases, the ester side of the
dithiolene ligand which engages in bridging binding modes. This un-symmetrical trend has already
been observed in the ligand precursor, but to a much lesser extent. Possibly, some type of push-pull
effect is present here in the unsymmetrically substituted dithiolenes, which is strengthened upon
coordination due to the ligands’ non-innocent behavior. In a nickel ion with a higher oxidation state,
the non-innocent effect is presumed to be more prominent compared to more reduced, i.e., electron-rich,
metal centers. In contrast to the recorded Ni–S bond lengths, which suggest that the outer nickel ions
(Ni1) are smaller (hence, more oxidized), the structural data of the dithiolene ligands, therefore, support
Ni2 being more oxidized with a stronger push of electron density from ligands to metal. This paradox
can only be solved by involving additional analytical methods and observations; in particular, the
magnetic properties are helpful in this respect (vide infra).

The unexpectedly formed tetrameric nickel complex 4 was further analyzed by a set of
standard/routine characterization methods. The most prominent molecular ion peaks in its ESI-MS
spectrum, which was recorded in methanolic solution and in the negative ion mode, can be assigned
to monomeric bis-dithiolene nickel(III) species with charge ratios (m/e) of 533.9, 519.9, and 505.8.
The oxidation of the nickel(II) centers to nickel(III) is not uncommon/unexpected, given that the solution
of the probe needs to be handled in air prior to being injected into the instrument. The observed
isotopic patterns thus belong to complex fragmentations and oxidation of the outer nickel centers (for
the two lower mass signals) and to transformations of one or two of the ethyl esters to methyl ester
functional groups in the methanol solvent (see the Supplementary Material, Figure S9). This strongly
supports the notion that some of the nickel sulfur bonds in the complex are decidedly weak and most
likely rather easily severed when dissolved in a coordinating solvent. From this behavior, we can
therefore derive qualitative approximations of Ni–S bond strengths (in particular for bridging binding
modes) from metrical parameters, i.e., it can be concluded whether they have to be presumed short
enough to be stable, despite the presence of potentially competing coordinating ligands or whether
they are too long and thus labile.

Reported Ni–S distances in FeNi and FeNiSe hydrogenases range from rather short (1.98 Å) to
quite long (2.6 Å) [57–62]. It has to be taken into consideration, though, that the accuracy of such
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metrical parameters, particularly in proteins, greatly depends on the resolution of the gathered data.
Naturally, the most recent published values tend to be the most accurate ones and they rest on the
shorter side. In reports where the Ni–S distances are distinguished, apical and bridging ones are
typically longer (up to 2.6 Å in comparison to shorter terminal ones of 2.2–2.3 Å), as expected. Bond
lengths of 2.4 Å are long enough to suggest that they are labile and easily severed. The respective
structural studies, however, are less recent. When compared to the observations of this study, the most
recent published Ni–S bond lengths from an FeNiSe hydrogenase (1.98 Å, PDB code: 5JSH) strongly
suggest that the respective interactions between the nickel center and sulfur donor atom are stable and
have no tendency to dissociate [61]. Notably, in a recent comprehensive theoretical investigation [63]
based on the most recent X-ray structure of an FeNiSe hydrogenase, the theoretical values were ca.
0.2 Å longer than the experimental ones and from a chemical point of view, the computed bond lengths
were actually more reasonable for a Ni2+ or Ni3+ centre. However, these slightly longer computational
bonds are decidedly shorter than the bonds in the Ni tetrameric structure of this study, which can
apparently lead to a break-down of the complex in solution. This renders any potential mechanism
in nickel-bearing hydrogenases less likely, which would involve replacing a Ni–S contact with an
incoming donor atom.

Infrared spectra of 4 were recorded both in the solid-state (KBr matrix) and in solution (CH3CN) (see
the Supplementary Material, Figure S10). Assignment of the observed vibrational bands is based on a
comparison with the ligand precursor’s IR spectrum and on an extensive previous respective report [64].
Vibrational bands are indeed shifted, significantly in parts, in the solid-state spectrum compared to the
solution spectrum. In particular, the Ni–S band (~550 cm−1) and the C–S band (~1000 cm−1) regions show
fewer and less intense signals in solution than in the solid-state. This indicates considerable changes in the
molecular and/or electronic structures upon dissolving, which is again in accordance with the proposed
dissociation of the tetrameric species into dimers or monomers in solution.

The electronic absorption spectra of 4 were recorded in MeOH, CH3CN, and water solvent (see
the Supplementary Material, Figure S11). The broad low-energy near-IR band at 868 nm is very
characteristic of monomeric bis-dithiolene nickel complexes with oxidation states of +3 or +4 and has
been ascribed to transitions of sulfur lone pair electrons into mixed nickel-ligand molecular orbitals
which are empty (OS +4) or singly occupied (OS +3), while Ni2+ bis-dithiolene complexes do not
exhibit this transition because the respective receiving MO is already fully occupied [29,65–67]. Notably,
this transition is missing in the aqueous spectrum, which means that either the tetrameric complex
does not dissociate in water; it dissociates completely, even beyond the bis-dithiolene species to,
for instance, mono-dithiolene species; or it is being reduced/not oxidized in aqueous solution. There is
no reasonable explanation for why water as a medium would be better at protecting the tetrameric
complex’s fragments against oxidation by air or even induce reduction compared to acetonitrile or
methanol. The most likely explanation is that water not only disintegrates the tetrameric complex
into monomers by replacing the weaker bound sulfur donor atoms around the inner Ni2, but also
interferes with the coordination shell of the outer Ni1, so that no bis-dithiolene complexes result from
dissolving in water. The spectra in methanol and acetonitrile are slightly distinct, which suggests that
interactions between solvent and dissolved species take place and result in subtle differences in the
electronic structures of the mono-dithiolene fragments, which mix in the resulting solutions with the
bis-dithiolene complexes.

The electrochemical properties of 4 were investigated by cyclic voltammetry (CV; referenced
versus ferrocene, Fc/Fc+, in CH3CN solution with 0.1 M of [nBu4N][PF6] as supporting electrolyte; see
the Supplementary Material, Figures S12 and S13). The voltammograms are relatively close to those of
bis-dithiolene nickel complexes available in the literature [29,30], again supporting a dissociation of the
tetrameric complex into monomers (or dimers). The two observed quasi-reversible redox transitions are,
hence, tentatively ascribed to the couples [Ni(ecpdt)2]2−/[Ni(ecpdt)2]− and [Ni(ecpdt)2]−/[Ni(ecpdt)2]0

at −1.1 and −0.1 V (vs. Fc/Fc+), respectively. However, the evaluation here is impeded, due to the
possible chemical dissociation equilibria and potentially manifold species, which may occur in solution.
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Neves et al. have also investigated their related tetrameric nickel complex electrochemically and
reported two redox transitions at −0.480 V and +0.286 V vs. Ag/AgCl [35], which roughly translates
into values of −0.68 V and +0.08 V vs. Fc/Fc+ [68]. These values are, firstly, more positive and their
complex is thus easier to reduce. Secondly, the gap between the two redox events is smaller by ca.
0.24 V, suggesting a more significant involvement of the dithiolene ligand in the redox transitions than
in the case of 4. While we do not observe any further distinguishable signals, Neves et al. further
reported a redox process in between at −0.095 V vs. Ag/AgCl (−0.298 vs. Fc/Fc+) [35]. Overall,
however, the electrochemical behavior of the two tetrameric complexes is very similar, particularly
when considering that different solvents were used.

Lastly, in order to also unambiguously assign the oxidation states +2 and +3 to the appropriate
nickel centers in 4, an investigation of the magnetic properties of the complex was carried out with
comparably simple/convenient methods. This was done in both the solid-state and in solution. For the
solid-state investigation, a Magnetic Susceptibility Balance (MSB), also referred to as a Guy Balance,
was used. Based on the measurement data, the magnetic moment was determined as μeff = 1.86
BM (Bohr magneton; see the Supplementary Material for calculation details) per non-dissociated
tetrameric nickel complex. Therefore, 4 exhibits some paramagnetism, but much less than anticipated
for the two unpaired electrons of the two Ni(III) centers, and only slightly more than the expected
spin-only magnetism for a single unpaired electron of 1.73 BM. This clearly points toward significant
antiferromagnetic coupling in the solid-state between the two metal centers and this can only take
place if the respective atoms are close together. These observations, therefore, very clearly place the
unpaired electrons on the two central nickel ions (Ni2), which are thus assigned the oxidation state +III.
This is in accordance with the metrical structural ligand data and fits the results of the DFT study by
Neves et al. on the related tetrameric complex perfectly well, including the predicted antiferromagnetic
coupling [35]. Notably, Neves et al. did not have enough material to conduct a respective experiment
with their complex. With our experimental data, we can confirm their computational results and vice
versa, even though the complexes are not strictly identical.

The magnetic moment of 4 in solution was determined by the Evans method [69,70]. μeff of
4 was calculated to be 2.826 BM (see the Supplementary Material for details of measurements and
calculations). The effective magnetism is, hence, in solution almost perfectly equal to the spin-only
value for two unpaired electrons (2.828 BM) per tetrameric complex. This points towards two d7/Ni(III)
centers with one unpaired electron each, which are not antiferromagnetically coupled in solution,
as opposed to what is observed in the solid-state. Again, the distinct magnetic properties in solution
and in the solid-state firmly support the fragility of the central (long) Ni–S bonds and a dissociation of
the tetramer upon interaction with a solvent.

3. Materials and Methods

3.1. Physical Measurements

NMR measurements were recorded on a Bruker Avance II-300 MHz instrument (Karlsruhe,
Germany). All samples were dissolved in deuterated solvents, and chemical shifts (δ) are given in
parts per million (ppm) using solvent signals as the reference (CDCl3 1H: δ = 7.24 ppm; 13 C: δ =
77.0 ppm) related to external tetramethylsilane (δ = 0 ppm). Coupling constants (J) are reported in
Hertz (Hz), and splitting patterns are designated as s (singlet), d (doublet), t (triplet), q (quartet),
quint (quintet), m (multiplet), and dd (doublet of doublet). The infrared spectra were recorded on a
Perkin-Elmer Fourier-Transform Infrared (FT-IR) spectrophotometer in the range of 4000–400 cm−1

using KBr pellets (solid-state) or KBr windows and a concentrated CH3CN solution of the analyte (in
solution). Assignment of the bands was done with subjective appreciation: w =weak, m =medium,
s = strong, vs = very strong, and br = broad. UV/vis spectra were recorded on a Shimadzu UV-3600PC
spectrophotometer. Solutions with concentrations ranging from 10 to 1 μM were prepared for the
measurements. All measurements were carried out at room temperature in quartz cuvettes (path length

169



Inorganics 2020, 8, 27

= 1 cm). Elemental analyses (C, H, N, and S) were carried out with an Elementar Vario Micro Elemental
Analyzer (Langenselbold, Germany). Mass spectra (APCI and ESI) were recorded with an Advion
Expression CMS spectrometer (Ithaca, NY, USA) with a resolution of 0.5–0.7 m/e units (FWHM) at
1000 m/e units s−1 over the entire acquisition range. The magnetic moment experiment was performed
with a Johnson-Matthey Mark I Magnetic Susceptibility Balance (Redwitz, Germany). Electrochemical
measurements were carried out with an AUTOLAB PGSTAT12 potentiostat/galvanostat (Filderstadt,
Germany) using a glassy carbon disc electrode with a reaction surface of 1 mm2 as the working
electrode. A platinum knob electrode (together with internal referencing versus ferrocene/ferrocenium
(Fc/Fc+)) was used as a reference electrode and a platinum rod electrode was employed as an auxiliary
electrode. All measurements were carried out inside a glove box and controlled with the NOVA
software (2.0.1., Metrohm, Filderstadt, Germany). Tetrabutylammonium hexafluorophosphate (0.1 M;
electrochemical grade from Fluka, München, Germany) was used as the electrolyte.

3.2. X-Ray Crystallography

Suitable single crystals of 3 and 4·2CH3CN·2Et2O were mounted on a thin glass fiber coated with
paraffin oil. X-ray single-crystal structural data were collected using a STOE-IPDS II diffractometer
(Darmstadt, Germany) equipped with a normal-focus, 2.4 kW, sealed-tube X-ray source with
graphite-monochromated Mo Kα radiation (λ = 0.71073 Å) at low temperature (170 K). The program
XArea was used for the integration of diffraction profiles; numerical absorption corrections were carried
out with the programs X-Shape and X-Red32, all from STOE© ((Darmstadt, Germany). The structures
were solved by direct methods with SHELXT [71] and refined by full-matrix least-squares methods
using SHELXL [72]. All calculations were carried out using the WinGX system, Ver 2018.3 [73].
All non-hydrogen atoms were refined anisotropically. The hydrogen atoms were refined isotropically
on calculated positions using a riding model with their Uiso values constrained to 1.2 Ueq of their
pivot atoms for methyl groups and 1.2 Ueq of their pivot atoms for all other groups. The refinement
of the crystallographic data of 3 was unremarkable. In the refinement of 4·2CH3CN·2Et2O, several
disorder problems were encountered. The two solvent molecules coordinated to K1 exhibited thermal
motion and the respective ellipsoids were comparably large. For acetonitrile, the three non-hydrogen
atoms were constrained with SIMU and DELU. In addition, the ethyl groups of Et2O were disordered
over two positions each, which was treated with SADI, SIMU, and DELU constraints. Furthermore,
two out of three ethyl groups of the dithiolene ethyl ester functionalities were disordered over two
positions each. Again, this was treated with SADI, SIMU, and DELU constraints.

General crystallographic, crystal, and refinement data for 3 and 4·2CH3CN·2Et2O are provided
in the supplementary data file (see the Supplementary Material, Table S1). Crystallographic data
were deposited with the Cambridge Crystallographic Data Centre, CCDC, 12 Union Road, Cambridge
CB21EZ, UK. These data can be obtained free of charge upon quoting the depository numbers CCDC
1985587 (3) and 1985588 (4·2CH3CN·2Et2O) by FAX (+44-1223-336-033), email (deposit@ccdc.cam.ac.uk),
or their web interface (at http://www.ccdc.cam.ac.uk).

3.3. Syntheses

3.3.1. Ethyl 2-bromo-3-oxo-3-phenylpropanoate (1)

Method (a). Ethyl benzoylacetate (10 g, 52 mmol) and N-bromosuccinimide (NBS) (9.26 g, 52 mmol)
were triturated together in a porcelain mortar for 15 min. The resulting liquid paste was allowed to
stand for 3 h and then washed three times with 100 mL H2O in a separating funnel. The final crude
product was distilled by Kugelrohr distillation to remove the unreacted starting material. Distillation
was performed at 70 ◦C under a vacuum of 100 mmHg (b.p. 135 ◦C). The final product was a pale
yellow oil that is a severe lachrymator. Yield: 6.34 g, 45%.

Method (b). NBS (9.26 g, 52 mmol) was added to ethyl benzoyl acetate (10 g, 52 mmol). The reaction
mixture was refluxed one hour under microwave heating (magnetron power of 750 W until a temperature
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of 160 ◦C was reached). The dark brown reaction mixture was cooled slowly for 30 min and was distilled by
Kugelrohr distillation. Yield: 10 g, 71%. 1H NMR (CDCl3, 300 MHz): δ, ppm = 7.94–8.05 (m, ortho-phenyl,
2H), 7.55–7.67 (m, para-phenyl, 1H), 7.43–7.54 (m, meta-phenyl, 2H), 5.73 (s, –CHBr, 1H), 4.27 (q, J = 6.9 Hz,
–CH2, 2H), 1.23 ppm (t, J = 7.2 Hz, –CH3, 3H). 13C NMR (CDCl3, 75 MHz): δ, ppm = 187.9 (PhC=O), 164.8
(C=O), 134.0 (C-phenyl), 133.0 (C-phenyl), 128.8 (C-phenyl), 128.6 (C-phenyl), 62.9 (CH2), 46.2 (CHBr),
13.5 (CH3). APCI-MS (EI+): m/e calculated for C11H11BrO3: 269.99, Found: 270.99 ([M +H]+).

3.3.2. Ethyl 2-(isopropoxycarbonothioylthio)-3-oxo-3-phenylpropanoate (2)

Potassium o-isopropyl xanthate (3.34 g, 19.1 mmol) was added portion-wise to a solution of
1 (4.33 g, 16 mmol) dissolved in 60 mL acetone. The red mixture was heated at 50 ◦C for 1 h and
then stirred overnight at RT. Precipitated white KBr was filtered off with suction employing Celite.
The brown-yellow solution was concentrated on a rotary evaporator, and the red oil was dissolved
in chloroform. The organic phase was washed with 10% HCl and water, and dried over anhydrous
Na2SO4, and the solvent was evaporated on a rotary evaporator, resulting in a reddish-brown oil
that was used without further purification. Yield: 4.4 g, 84%. APCI-MS (EI+): m/e calculated for
C12H12O4S2: 284.02, Found: 284.65 ([M + H]+).

3.3.3. 4-Ethylcarboxylate-5-phenyl-1,3-dithiole-2-one (3)

A total of 20 mL of sulfuric acid was slowly added to an ice-cold solution of 2 (4.09 g, 12.5 mmol)
in 75 mL of Et2O:DCM solvent mixture (1:1 ratio) and was stirred overnight at RT. The reaction was
controlled by TLC (n-hexane/EtOAc). The solution was cooled down in an ice bath and slowly poured
onto ice-cooled H2O (200 mL). The solution was stirred for another hour and then extracted with
CH2Cl2 (3× 50 mL), dried over anhydrous Na2SO4, and concentrated on a rotary evaporator to produce
a crude, dark red oil that was purified by flash column chromatography with gradient elution (5–15%
EtOAc) to afford 3 as colorless crystals. Yield: 2.2 g, 63% (considering remaining 1/16 molecule of
n-hexane and EtOAc per formula each, as supported by NMR and EA). 1H NMR (CDCl3, 300 MHz): δ,
ppm = 7.31–7.54 (m, phenyl, 5H), 4.13 (q, J = 7.2 Hz, –CH2, 2H), 1.12 ppm (t, J = 7.0 Hz, –CH3, 3H). 13C
NMR (CDCl3, 75 MHz): δ, ppm = 188.3 (C=Odithiolene), 159.0 (C=Oester), 145.5 (Ph–C=Cdithiolene), 131.0
(C-phenyl), 129.8 (C-phenyl), 128.9 (C-phenyl), 128.3 (C-phenyl), 119.9 (COOEt–C=Cdithiolene), 62.1
(CH2), 13.7 (CH3). FT-IR (KBr): (ν, cm−1) = 3421 (br), 3005 (ws), 2980 (s), 1728 (s), 1695 (s), 1674–1658
(br), 1543 (s), 1489 (m), 1471(s), 1444 (m), 1390 (s), 1363 (w), 1263–1253 (br), 1205 (m), 1155 (m), 1109
(s), 1087 (w), 1066 (w), 1033 (m), 1020 (s), 948 (m), 912 (m), 893 (s), 867 (m), 825 (w), 802 (w), 761 (w),
748 (m), 727 (w), 690 (w), 628 (w), 588 (w), 591 (w), 491 (w), 466 (w), 445 (w). Elemental analysis for
C12H10O3S2·1/16C4H8O·1/16C6H14 (C12.625H11.375O3.063S2; M = 277.23 g/mol) calc.: C, 54.70; H, 4.14;
S, 23.13. Found: C, 55.30; H, 4.04; S, 22.73. APCI-MS (EI+): m/e calculated for C12H10O3S2: 266.01,
Found: 266.94 ([M + H]+). Fragmentation calc. for C10H6O3S2: 237.98, Found: 238.97 ([M + H]+).

3.3.4. K2[Ni4(ecpdt)6] ·2CH3CN·2Et2O (4·2CH3CN·2Et2O)

A total of 0.15 g of 3 (0.56 mmol) was suspended with 78 mg of KOH (1.4 mmol, 2.5 equiv.) in 10 mL
of degassed methanol and stirred under nitrogen for 1 h at 50 ◦C, affording an orange solution. Next,
3 mL of a solution of NiCl2·6H2O (0.5 mmol, 0.12 g) in methanol was added, and the resulting reaction
mixture was stirred for 30 min. Then, it was concentrated to dryness, affording a dark brown colored
precipitate. Single crystals were obtained by recrystallization from a solvent mixture of CH3CN:Et2O
(ratio 1:2) in a diethyl ether saturated atmosphere, while air was allowed to slowly diffuse in, providing
molecular oxygen needed for the partial oxidation of nickel centers. Yield: 90 mg, 38%. FT-IR (KBr):
ν, cm−1 = 3446 (br), 3055 (w), 2974 (s), 1668 (br), 1365–1473 (s), 1132–1303 (br), 985–1062 (m), 804 (w),
744 (w), 696 (w), 657 (w), 617 (m), 503 (m). ESI-MS (EI−): m/e calculated for C20H16NiO4S4 [M]− (i):
505.9, found: 505.0; calc. for C21H18NiO4S4 (ii): 519.9, found: 519.0, calc. for C22H20NiO4S4 (iii): 533.9,
found: 533.0. N.B.: there appear to be signals in the mass spectrum supporting fragments much larger
than monomers, but they are of a very low intensity. UV-Vis (CH3CN): λmax (ε/M−1 cm−1), nm = 256,
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315, 366, 476, 518, 868 (2000). Cyclic voltammetry (in CH3CN, Bu4NPF6 vs. Fc/Fc+): E1/2 = −1.1 V
(E2

p,c), −0.1 V (E1
p,c).

Note: parts of the study/experiments were included in the recent Ph.D. thesis of Mohsen Ahmadi [74].

4. Conclusions

In conclusion, an unexpected di-anionic, tetra-nuclear in-line, hetero-valent, centrosymmetric
nickel dithiolene complex was synthesized, which had only one precedent in the literature.
The employed dithiolene ligand was substituted unsymmetrically (Ph, –COOEt), probably
inducing/experiencing a mild push-pull effect, which was intensified upon coordination.
The compound’s crystal structural data was evaluated in detail. Comparing the large range of
observed Ni–S bond distances will facilitate the evaluation of respective bond strengths in nickel- and
sulfur-dependent enzymes’ active sites. The two distinct oxidation states +2 and +3 could be assigned
unambiguously to the outer and inner nickel centers, respectively, by determining the complex’s
effective magnetism (μeff) and by consulting previously published computational results of a related
compound. It was further established by several spectroscopic and other methods that the tetramer
due to the comparably labile Ni–S bonds in its center dissociates in solution, either into identical
dimers or, more likely, into two sets of distinct monomers. Previous computational results without an
experimental backup regarding the assignment of oxidation states and antiferromagnetic coupling in
the tetramer’s solid-state could be verified experimentally (and vice versa) with this novel complex.
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spectrum of 2; Figure S5: 1H NMR of 3 (ecpdt); Figure S6: 13C NMR of 3; Figure S7: APCI mass spectrum of 3; Figure
S8: FT-IR spectrum of 3; Figure S9: The ESI(−)-MS of 4; Figure S10: IR spectra of 4; Figure S11: UV-vis-NIR spectra
of 4 and extinction coefficient diagram; Figure S12: Cyclic voltammogram of 4; Figure S13: Cyclic voltammogram
of 4 at different scan rates; Figure S14: 1H NMR for magnetic moment measurement of the Ni cluster; Figure S15:
1H NMR for magnetic moment measurement of the standard; Table S1: General crystallographic data of 3 and
4·2CH3CN·2Et2O; Figure S16: Molecular structure of the di-anion of 4·CH3CN·Et2O shown with 50% probability
thermal ellipsoids (the two potassium counter cations, disordered minor occupancies, H atoms, and lattice solvents
are omitted for clarity); Table S2: Complete list of bond lengths [Å] and angles [o] for 4·2CH3CN·2Et2O; Table S3:
Hydrogen-bond geometry [Å and ◦] of 4·2CH3CN·2Et2O; Table S4: Atomic coordinates and equivalent isotropic
displacement parameters for 4·2CH3CN·2Et2O; Table S5: Anisotropic displacement parameters (Å2 × 103) for
4·2CH3CN·2Et2O; Cif and checkcif files of 3 and 4·2CH3CN·2Et2O.
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