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At a time when a global pandemic rightly holds our collective attention, environmental issues
have taken a backseat to the ongoing battle against Covid-19. However, when normality resumes
(or a new normal emerges), these environmental concerns will return to the fore and few issues
are as tangible or emotive as plastic pollution. The presence of plastics in aquatic environments,
particularly freshwater environments that are relied upon on a daily basis (e.g., for water and food
supply, as well as recreation and tourism), is a constant reminder of the indelible mark that our
species is leaving on the planet. Indeed, whilst plastic pollution has been described as a potential
hallmark of the Anthropocene [1], our understanding of its presence and impacts on freshwater
systems still lags far behind the corresponding knowledge that has been amassed from marine (coastal
and oceanic) locales [2–4]. In this Special Issue on the “Prevalence, Fate and Effects of Plastic in
Freshwater Environments”, original research articles report the latest findings describing the occurrence
of plastics and microplastics (MPs, <5 mm in size) within previously uninvestigated rivers and lakes.
As important as mapping plastics pollution across global freshwaters is gaining an understanding into
the effects of the interactions between MPs, formed from the degradation of larger debris (secondary
MPs) or purposely manufactured microscopic particles (primary MPs), and biota. Laboratory-based
mechanistic studies examined the effects of MP exposure to freshwater organisms, with endpoints
ranging from cellular to behavioral. This Editorial aims to highlight the papers presented within the
Special Issue and place them into the broader context of freshwater plastics research.

To date, few studies reporting plastic and MP prevalence in freshwaters have originated from
the African continent [4], despite the presence of some of the world’s most notable lakes and rivers.
This knowledge gap needs to be urgently addressed [5] and thus it was especially pleasing that research
from Lake Malawi and the River Nile contributed to this Special Issue. Focusing on macro-sized
anthropogenic litter, the study by Mayoma et al. [6] resulted from an NGO-led citizen science project
to clean up the shorelines of Lake Malawi. Over 2000 volunteers participated in four annual beach
clean-ups from 2015 to 2018. Almost half a million individual items of beach debris were collected,
of which approximately 80% was plastic. Glass, metal and paper were also found at each site, but plastic
litter was by far the most abundant. The composition of plastic litter varied between sites, but carrier
bags (22.5–49.4%), personal hygiene products (7.15–18.6%), beverage bottles (1.9–18.8%) and discarded
fishing gear (0.21–20.25%) represented the major categories. The study highlighted the important role
that volunteers could play in the remediation of the environment and the collection of scientific data,
as has been discussed elsewhere for freshwater systems [7]. Moreover, by focusing on macroplastics in
the African Great Lakes, the study provides a link between the use (misuse) of plastic products on the
shoreline and the ingestion of MPs by resident lake species, as has been noted elsewhere in the region
(Lake Victoria, [8]).

The research conducted in Lake Victoria was the first to describe the ingestion of MPs by African
freshwater species (Nile perch and Nile tilipia) [8] and, although subsequent similar research from
different parts of the continent has emerged, documenting the occurrence of MPs in the Nile River,
the world’s longest river, and its biota has been a surprising knowledge gap. The Nile River flows from
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the heart of Africa to the Mediterranean Sea, but the presence of MPs was determined in Cairo, Egypt’s
capital, with an estimated population of 20 million people. Analyzing the digestive tracts of Nile
tilapia (Oreochromis niloticus) and catfish (Bagrus bayad) revealed the presence of MPs in over 75% of the
sampled fish [9]. Similar studies from both marine and freshwater environments showed that this high
level of MP ingestion is rarely found and that fish sampled from the Nile River in Cairo are potentially
among the most in danger of consuming MPs worldwide. The gastrointestinal tracts of omnivorous
tilipia contained significantly more MPs than those of the piscivorous catfish, which is likely due to the
former’s more varied diet and increased potential to mistake plastic items for food. In keeping with
similar studies, fibers were the most abundant MP type, followed by films and fragments. The diverse
origins of fibers that may result from the degradation of clothing, furniture or fishing gear means
that it is difficult to pinpoint any one source of MPs beyond general urbanization. Polyethylene (PE),
polyethylene terephthalate (PET) and polypropylene (PP) were all identified, and these polymers are
widely used in a plethora of plastic products. The first detailing of MPs in fish from the Nile River
revealed the scale of the problem, but further research is needed understand and mitigate its effects.

As famous as the Nile River is the Mississippi River (USA). During periods of flooding along the
lower Mississippi River, its waters are diverted through the Bonnet Carré Spillway into the coastal area
of the Mississippi Sound, which prevents flooding downstream in the city of New Orleans. Such a
major flooding event occurred during 2019. The study by Scircle et al. (2020) [10] captured the effect of
this on the presence of MPs in the waters housing oyster (Crassostrea virginica) reefs in the Mississippi
Sound. Although coastal, during the spring and summer of the 12 month sampling campaign, historic
flooding of the Mississippi River caused major freshwater intrusions into the sampled locations. Across
the ten sample sites and seasonal sampling periods, there was considerable spatial and temporal
variation, as might be expected, with the average MP concentration ranging from 30 to 192 MPs/L
across sites. During the period of freshwater intrusions, MP abundances tended to correlate with
salinity. In other words, sites most impacted by freshwater intrusions had the least MPs owing to
a dilution effect, but this effect was temporary. There were no significant changes in the relative
distribution of MPs during freshwater intrusions, with most of the MPs (>50%) in the lower size
fraction (~25–90 μm). Fragments (~84%), fibers (~11%) and beads (~5%) constituted the MP types.
Polyester, acrylates/polyurethanes, polyamide, polypropylene, polyethylene and polyacetal were
all identified polymers. This work provides empirical data on the waters of the Mississippi Sound,
in which oyster reefs are located. More research is needed to determine the impacts on the organisms.
However, this investigation importantly demonstrates how MP pollution is impacted by changing
conditions and thus represents a counterpoint to the numerous studies that only capture MP pollution
during a ‘single snapshot in time’. Temporal and seasonal events need greater recognition.

The study from the Nile River [9] illustrates, again, if further proof was necessary, the already
established phenomena of fish indiscriminately ingesting MPs, but the impacts on the fish are not fully
understood. Inflammatory responses and intestinal health by way of alterations of the microbiome
resulting from MP exposure constitute one such area that requires further elucidation. In the study
by Kurchaba et al. (2020) [11], larval zebrafish (5 days post fertilization) were exposed to PE MPS
for four or ten days. Markers of metabolic disturbance and inflammation were assessed through
physiological and genomic analysis. The ten-day exposure to 20 mg MPs/L did not seem to affect the
overall metabolism of the larval zebrafish and had limited impact on inflammatory molecular responses.
However, it appeared to trigger an elevated reactive oxygen species (ROS) response, with a significant
increase in the oxidative stress mediator L-FABP (liver fatty-acid binding protein). This increase in
ROS was accompanied by a higher abundance of Bacteriodetes, and although further research is needed
to verify the link between these two outcomes, the authors speculated that increased oxidative stress in
MP fish promotes the growth of these bacteria. Localization of ROS and concurrent dysbiosis of the
larval microbiome indicate that aquatic organisms are negatively affected by MP exposure, which may
render the animal more susceptible to diseases. The gut microbiome has also emerged as a new growth
area in explaining adverse human health and disease. The finding that MP exposure disrupts the
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microbiome of zebrafish may have important ramifications for humans, especially since it is known
that MPs have been found in a variety of foodstuffs.

The potential for oxidative damage following PE MP exposure was also assessed by Scopetani et al.
(2020) [12] using the freshwater oligochaete Tubifex tubifex. Worms were exposed via water or sediment
separately or simultaneously spiked with MPs. Mortality was assessed over 120 h and oxidative stress
status was assessed via enzymatic assays for the biomarkers glutathione reductase and peroxidase.
At concentrations used (2 g/L (w/v) in water and 2 mg/g (w/w) in sediment), Tubifex survival was not
significantly affected. Similarly, there was no effect on the activities of either biomarker. Other species
have been affected by MPs at similar concentrations and thus the results described in this study may be
due to tolerance of the chosen test species. Importantly, though, the lack of effects should not diminish
the findings and, as in the case of all new pollutants (including MPs), it is necessary that negative
results are also made available so that associated risks may be discussed with nuance.

The use of biomarkers has been widely debated in ecotoxicology, with one area of concern being
the link between intracellular responses and physiological or behavioral response. In the study by
Pflugmacher et al. (2020) [13], the annelid Enchytraeus crypticus was subject to a choice experiment in
which different amounts of high-density PE MPs taken from green bottle caps were mixed into soil.
In each test, worms chose soil without MPs or the area with a lower MP concentration. Contact with
MPs resulted in enhanced oxidative stress measured through the antioxidative enzymes catalase and
glutathione S-transferase. Explaining the results, the authors noted that the exposure time was too short
for chemicals to leach from the plastics and that the MPs were too large to be ingested. Thus, the likely
cause of avoidance behavior was that the addition of MPs adversely changed the properties of the soil.

In summary, this collection of original research articles provides a valuable update of recent
investigations into the global reach of plastic pollution within freshwaters and the biological effects
induced by its presence. The question of how freshwater plastics research should proceed is of
paramount importance, but there are no easy ‘next steps’. Clearly, more information is needed on the
pervasive presence and effects of plastics in freshwaters, pursuing monitoring studies that include
temporal and spatial factors that affect, for instance, hydrology and water flow and also accounting
for a wider range of localized and systemic endpoints. As the studies within this Special Issues
illustrate, there is broad range of topics to cover, and whilst calls have been made to harmonize and
standardize plastics research, this belies the realities of working in such a diverse field and particularly
the challenges in conducting scientific inquiry in different parts of the world. Approaches taken within
each study must therefore endeavor to match the research aims of that singular investigation whilst
simultaneously moving the research area towards a more robust and dynamic framework that can meet
the future challenges of an ever-expanding group of anthropogenic particulates, including, but not
limited to, the emergent concerns surrounding nanoplastics [14] and tire wear particles [15]. Moreover,
returning to the opening remarks of this Editorial on the current pandemic, the outbreak of Covid-19
has increased the use and discard of personal protective equipment, which heightens the need to focus
on plastic waste generation, its impacts and mitigation [16,17]; from its ecological and ecotoxicological
impacts through to defining improved strategies for waste management. The studies presented in this
Special Issue add to the weight of evidence that recognizes plastic pollution as a significant freshwater
problem that requires immediate attention. The consequences of inaction are severe.

Funding: This research received no external funding.

Conflicts of Interest: The author declares no conflict of interest.
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Abstract: Anthropogenic debris is an environmental problem that affects beaches and coastlines
worldwide. The abundance of beach debris is often documented with the use of public volunteers.
To date, such community participations have been largely confined to the marine environment,
but the presence and impact of anthropogenic debris on freshwater shorelines has been increasingly
recognized. Our study presents the first such information from the African Great Lakes, specifically
Lake Malawi. A total of 490,064 items of anthropogenic litter were collected by over 2000 volunteers
in a clean-up campaign that took place annually between 2015 and 2018. Approximately 80% of
the anthropogenic debris was comprised of plastic litter, with plastic carrier bags being the most
common item. The dominance of plastic litter, and in particular the presence of plastic bags, which
have subjected to bans in some African countries, is discussed. The broader implications of citizen
science in the African Great Lakes area is also discussed.

Keywords: plastics; plastic debris; African great lakes; freshwater; beach clean-up; citizen science

1. Introduction

Anthropogenic debris is an environmental problem that affects beaches and coastlines
worldwide [1,2]. Typically consisting of larger items (> 2 cm) of plastics, glass, metal, paper, and wood,
plastic litter is often recorded as the most abundant type [3,4]. Although the presence of litter may
decrease the tourist potential of affected beaches [5], anthropogenic debris is not a purely aesthetic issue,
as it also has ecological consequences and is detrimental to wildlife. Debris, particularly plastics, pose a
risk of entanglement to aquatic animals, including fish and birds, and are also likely to be mistakenly
ingested owing to their similarity to food items [6,7]. Plastics can also act as vectors transporting
adsorbed chemical (e.g., hydrophobic persistent organic pollutants (POPs) or trace metals) or biological
(e.g., microorganisms) loads into new geographical regions [8].

The documenting of beach debris has taken place globally on marine shorelines. Examples
include clean-ups and surveys on beaches along the Pacific coast of Chile [3], in Greece on the
Mediterranean Sea [9], in Orange County in California (USA, [10]), and a ten year nationwide
assessment of anthropogenic litter on beaches of the British Isles [11], to name a few. These studies all
have in common the utilization of volunteers in their collection of data during the beach survey and
clean-up activities. In fact, over the last 10 years, the number of volunteers taking part in clean- ups
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has doubled from about half a million people in 2009 to just over a million in 2019 [12,13]. The use
of volunteers allows for extensive sampling at a wider range of sites [14] and although data validity
may be open to question, there is no statistical difference between the data obtained from volunteer
clean-ups and those performed by experienced surveyors, provided a clear protocol is followed [15].
Furthermore, community participation and citizen science are considered to be effective methods of
increasing public awareness of environmental challenges and has been particularly well used with
plastics [16,17].

To date, such community participations have been largely confined to the marine environment,
but the presence and impact of anthropogenic debris on freshwater shorelines has been increasingly
recognized, with a handful of surveys and clean-ups conducted along the shoreline of the North
American Great Lakes [18]. However, such information remains scarce for freshwater environments
and has not yet been available for the African Great Lakes. This study presents, for the first time,
data on the anthropogenic debris collected by volunteers on the Malawian coast of Lake Malawi.
Lake Malawi is bordered by Malawi, Tanzania, and Mozambique in the East African rift valley region
(Figure 1). Referred to as Lake Nyasa in Tanzania and Lake Niassa in Mozambique, Lake Malawi
is the third largest lake on the African continent and the world’s ninth largest lake overall (surface
area: 29,500 km2, mean depth: 264 m, maximum depth: 700 m, 19). Together with Lakes Victoria and
Tanganyika, Lake Malawi holds approximately 25% of the world’s total surface freshwater supply [19].
Lake Malawi is said to be the most species-rich lake in the world, with an estimated 500–1000 species
of fish present in the lake [19]. Perhaps unsurprisingly, approximately 70% of the animal protein
in the Malawian diet is in the form of fish [19]. The presence of debris, particularly plastics, on the
shoreline of Lake Malawi could result in amounts of microplastics (MPs, < 5 mm) entering the water
via degradation and being ingested by the fish. The ingestion of plastic particles by fish has been
well documented globally from numerous aquatic habitats (e.g., [20–23]), including the African Great
Lakes [24]. In this regard, understanding the land-based debris, as is the case with beach clean ups,
may be an important step in understanding what enters the water.

In general, there is a scarcity of information regarding the presence and abundance of plastics
(and microplastics) in Africa and specifically within the African Great Lakes [25], but two studies
from Lake Victoria document the scope of the potential problem. Solid waste anthropogenic inputs
were investigated in the Tanzanian waters of Lake Victoria by sampling across three main ecological
zones; the nearshore (0–20 m depth), intermediate zone (20–40 m depth), and deep offshore waters
(> 40 m) [26]. Plastic debris was found at all depths, with the dominant waste types originating from
fishing activities; multifilament gillnets (44% of all debris), monofilament gillnets (42%), longlines and
hooks (7%), and floats (1%). Plastic bags (4%) and clothing (2%) accounted for the remaining solid
waste [26]. The second study was also conducted in the Tanzanian waters of Lake Victoria around
the urban center of Mwanza and showed that two fish species, Nile perch (Lates niloticus) and Nile
tilapia (Oreochromis niloticus), contained MPs within their digestive tracts [24]. In total, suspected
plastic particles were recovered from the gastrointestinal tracts of 11 perch (55%) and 7 tilapia (35%),
with spectral analysis confirming the presence of MPs in 20% of each species [24]. Together, these two
studies provide evidence that plastic debris in Lake Victoria is subject to degradation and the products
of that breakdown are available for ingestion by resident fish populations [25].

In the present, relatively small-scale, study, anthropogenic debris was surveyed and collected
from three sites over a four-year period (2015–2018 inclusive) located in Central and Northern regions
of Malawi. The clean-up sites represent the busiest beaches along Lake Malawi. In total, over 2000
volunteers took part in the clean-up activities, which were directed by Malawi beach and underwater
clean-up, an environmental NGO. The protocol to instruct the volunteers was that of the ocean
conservancy clean-up, which has been widely used in coastal locations. The data presented here adds
to the little information on anthropogenic and plastic debris collected from freshwater shorelines and
specifically is the first of its kind from the African Great Lakes.
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Figure 1. Location of the three beach clean-up sites on the Malawian coast of Lake Malawi (A–C, Mal.
=Malawi). Images D–F show the volunteers during the clean-up and typical examples of the debris
collected during the clean-up at Nkhata jetty in 2018.

2. Materials and Methods

2.1. Study Sites

The present study was conducted along the Malawian shorelines of Lake Malawi. Tourism,
transportation, trade, agriculture, and fisheries related activities are found within a growing number
of towns along the shoreline. Several district townships have hydrological linkage with the lake
shoreline through rivers, stream, and storm waters. The most notable townships in Malawi within
proximity of Lake Malawi (estimated population from 2018 census) are: Lilongwe (> 1,630,000),
Mangochi (> 600,000), Salima (> 470,000), Karonga (> 365,000), and Nkhata bay (> 285,000). Three
beaches were selected for clean-ups based on their proximity to urbanization, tourism, fishing,
commerce, and transportation. Kambiri beach (34.617952◦, –13.781318◦) and Mpatsa beach (34.602600◦,
–13.762000◦) are located towards the southern end of Lake Malawi, whereas Nkhata jetty (34.290731◦,
–11.606589◦) is more northernly (Figure 1). Whilst the two beaches are favorite tourist destinations and
also home to fishing and farming activities, Nkhata jetty forms a strategic port hub linking Malawi with
the other countries that border Lake Malawi (Table 1). The port has various socio-economic activities,
including construction, transport, and trade.
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Table 1. Site descriptions.

Site
Location (Longitude,

Latitude)
Description and Main Anthropogenic Activities

Kambiri beach 34.617952◦, −13.781318◦
Sandy beach with relatively gentle slope and scattered human

settlements
Tourism, maize farming, fishing, open market, livestock

present, transportation mostly by wooden boats

Mpatsa beach 34.602600◦, −13.762000◦
Sandy beach with relatively gentle slope and scattered human

settlements
Tourism, fishing, maize farming, transportation mostly by

wooden boats

Nkhata jetty 34.290731◦, −11.606589◦

Port area which forms a transportation hub linking Malawi,
Tanzania, Mozambique and inland islands; historical

memorial site which attracts tourists, recreation, cassava
farming, fishing and market. Beach with minimal sand

accumulation. Has various infrastructure developments
including warehouse to cater for imports and exports services.

2.2. Beach Clean-Up Methodology

Beach clean-ups were conducted each September from 2015 to 2018 during the dry season.
Clean-ups were organized by the ‘beach and underwater clean-up’, an NGO based in Lumbadzi,
Malawi. The timing coincided with that of the ocean conservancy’s international coastal clean-up day,
an annual global event which takes place in September and October. Each year only one beach was
selected, as follows: Kambiri beach in 2015 and 2016, Mpatsa beach in 2017, and Nkhata jetty in 2018
(Table 2).

Table 2. Details of beach clean-up campaigns at each site and year.

Site Years
Approximated

Area Covered (m2)
No. of

Volunteers
Total No. of

Items Collected
Total No. of Plastic

Items Collected

Kambiri beach
2015 100,000 350 89,442 68,836
2016 160,000 821 177,087 132,666

Mpatsa beach 2017 20,000 64 19,238 16,361
Nkhata jetty 2018 40,000 904 204,297 171,092

Upon arrival, each volunteer was registered and provided with clean-up equipment such as
gloves, collection bags, and gumboots. At each site, the name, location, time, distance, and number of
volunteers were recorded in a pre-designed data collection form according to Lewis (2002) [27]. During
clean-up, a stretch of beach measuring 100 m in length and 20 m in width was identified and cleaned
before moving to the next stretch. Litter was collected from the shallow water to the highest water
strandline. This was done for a maximum of four hours depending on weather conditions on the day
and the number of volunteers. A total of 2139 volunteers took part in cleanup as follows: 350 and 821
people in Kambiri beach in 2015 and 2106, respectively, 64 people in Mpatsa beach in 2017, and 904
people in Nkhata jetty in 2018 (Table 2).

The methodology for clean-up events was adopted from the international coastal cleanup
protocol [12,13]. The protocol constitutes 19 individual steps which were followed in three phases of
the clean-up: (1) before clean-up, (2) during clean-up, and (3) immediately after clean-up. The steps
included the identification of safe collection sites and coordinators, and training of volunteers
before the clean-up; dealing with entangled or injured animals and filling in data cards during the
clean-up; and recycling and disposal after clean-up. Additionally, the compilation of clean-up data
was performed.

Litter larger than 2 cm was collected by hand, enumerated, and then classified into categories:
glass, metal, paper, construction material, and plastic [28]. For easy sorting of recyclable trash,
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volunteers were encouraged to work in teams of five people. Each volunteer was given one trash bag
designated for the major groups of recyclable waste (e.g., plastic bottles, glass, aluminum) which were
sorted as they went and recorded on the data card by the group leader. Other litter categories not
suitable for recycling, such as plastic carrier bags, cigarette butts, fishing gears, and personal hygiene
products, were identified, counted, and collected for disposal. After the clean-up, all recyclable items
were transported to the recycling centers while the rest of the anthropogenic litter was transported to
designated waste sites.

2.3. Data Handling

Litter items in each major category (glass, metal, paper, construction material, and plastic) were
compiled and totaled, as described in the ocean conservancy protocols. Plastic litter was further
divided as carrier bags, personal hygiene products, beverage bottles, fishing gear, cups, packaging
materials, bottle caps, lids, food wrappers, cutlery, cigarette butts, tires, and straws/stirrers.

3. Results and Discussion

3.1. Collection of Anthropogenic Litter

A total of 490,064 items of anthropogenic litter were collected by over 2000 volunteers at the
three locations over the four-year period. With reference to the number of items collected, Nkhata
jetty (>200,000 items) was the most impacted site, followed by Kambiri beach (2016 (> 175,000 items)
and 2015 (approximately 90,000 items) and the Mpatsa beach (approximately 20,000 items) (Table 2).
Typically, the numbers of items collected at different locations are normalized to the area of the site in
order to make more valid comparisons of litter densities. The order of sites with regard to litter density
is: Nkhata jetty (5.11 items/m2) > Kambiri beach (2016, 1.11 items/m2) >Mpatsa beach (0.96 items/m2)
> Kambiri beach (2015, 0.89 items/m2). These densities are marginally lower than those reported
elsewhere, 2 to 10 items/m2 along the coast of Chile [3] and 2.3 to 6.3 items/m2 reported along Brazilian
coast [4], but typical densities reported globally range from 0–2–5 items/m2 [3]. An average density of
45,000 items/m2 was recorded from Japanese beaches [29], though it should be noted that the authors
counted fragmented Styrofoam as individual items which are not usually counted individually in
other studies.

The apparent greater levels of litter at Nkhata jetty beach may be attributed to its function as a
busy port which links Malawi to Tanzania. Ports and associated activities have been reported to cause
high level of debris in their surrounding environment [30]. Conversely, Kambiri beach and Mpatsa
beach have relatively little industrial usage, instead being utilized for tourism, fishing, and farming.
However, such results need to be interpreted with caution, as the number of items found at each
site was significantly correlated to the number of volunteers conducting the clean-up. Correlating
the number of volunteers to total litter found (values presented in Table 2) resulted in an R2 value
of 0.995 (p = 0.00235, R program). Thus, it is difficult to make conclusive comments regarding the
relative abundance and density of anthropogenic debris at the different sites on the Lake Malawi
shoreline when citizen participation appears to be such an influential factor, but certainly the greater
the number of volunteers, the more litter is likely to be collected. Furthermore, in this case where
volunteer numbers greatly influenced the number of items collected, we refrain from further discussing
densities, instead using the percentages of items in each category for comparative purposes.

The composition of debris across all beaches was plastic 80.2 ± 5.0%, metal 9.5 ± 2.5%, glass
4.9 ± 3.8%, paper 4.6 ± 4.0%, and construction material 0.9 ± 1.5%. Moreover, the percentages of
each category remained relatively consistent across all sites, with plastic litter being by far the most
abundant type of anthropogenic debris (Figure 2). Again, these results are in keeping with studies
from other locations. European, North, and South American clean-ups have also reported plastics as
the main constituent of anthropogenic litter on coastal beaches [3,9–11]. Whilst little data is available
for freshwater shorelines, volunteer beach clean-ups along the North American Great Lakes revealed
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that typically more than 80% of anthropogenic litter is comprised of plastics [18]. Our study adds data
from the African Great Lakes to the global pattern of plastics as being the dominant litter type along
freshwater and marine shorelines.

Figure 2. Percentage of items found of different categories of anthropogenic material (glass, metal,
paper, construction material, and plastic) across sites and clean-up years.

3.2. Plastic Litter

As with anthropogenic debris, in general the composition of plastic debris was also relatively
consistent across sites: plastic carrier bags (22.5–49.4%), personal hygiene products (7.15–18.6%),
beverage bottles (1.9–18.8%), fishing gears (0.21–20.25%), cups (1.9–13.3%), packaging materials
(1.3–13.8%), bottle caps (4.4–11.6%), lids (1.0–8.8%), and food wrappers (4.4–11.5%) (Figure 3).
Remaining categories constituted less than 2% of plastic collected. The trend observed at Lake
Malawi differs from that reported by the 2019 ocean conservancy annual report (13), which found that
plastic bags are the sixth most common item found, whilst personal hygiene products (e.g., condoms,
diapers, syringes), which rank second at Lake Malawi, are not within the top 10 items found on coastal
beaches. In its annual clean-up report of 2010, the ocean conservancy [12] found that personal hygiene
products contributed to only 1% of plastic items collected in African clean-ups.

Similar findings of plastic litter have also been reported elsewhere. The shoreline of the remote
freshwater lake, Lake Hovsgol in northwest Mongolia, was dominated by plastics bags, beverage
bottles, and discarded fishing gear [31]. Moreover, plastic bags constituted a small percentage of debris
trawled from Lake Victoria [26] and the microplastic polymers found in the gastrointestinal tracts of
fish sampled from Lake Victoria may have originated from this source [24], suggesting that shoreline
waste may end up as the microplastics in the adjacent lake [25]. Lessons from Lake Victoria could be
transferrable to Lake Malawi given the abundance of discarded plastic bags.
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Figure 3. Breakdown of different categories of plastic debris as percentage of plastic items found at all
sites and years combined (A) and by each site and year (B).

The issue of plastic bags is particularly prescient for Africa, as several countries have proceeded
to reduce or ban plastic bag use. Such measures have been made on the grounds of environmental and
public health, as discarded plastic bags have been shown to block gutters and drains which create
storm water problems and collect water, which provides a breeding ground for mosquitos that spread
malaria, and the use of bags as toilets has been linked to the spread of disease [32,33]. The government
of South Africa introduced levies on plastic bag use in 2003 [34], and in Rwanda in 2005, a ban on
the use and importation of plastic bags of < 100 microns thick was imposed [33]. Tanzania having
made a similar ban based on thickness in 2006 has now, in June 2019, implemented a complete ban on
manufacturing and importing plastic bags into country [35]. Developments in Tanzania may impact
the amount of plastic waste entering Lake Malawi and may then also influence the policies of Malawi.

3.3. Implications for Public Involvement and Plastic Pollution in the African Great Lakes

The present study was the first to document the results of beach clean-up activities in the freshwater
African Great Lakes. Though limited in size and scope, a pattern emerged that confirms previous
coastal findings that plastic litter is the dominant type of anthropogenic debris. This study highlights
the role that volunteers can play in both the remediation of the environment and the collection of
scientific data. Citizen science has become a widely used initiative in combating plastic pollution.
Organizations such as the national oceanic and atmospheric administration (NOAA) in the United
States have developed a mobile phone application called “Marine Debris Tracker app” together with
Southeast Atlantic marine debris initiative (SEA-MDI), which allows the public to report findings of
litter from beaches and waterways [36]. Similarly, in the EU, the European environmental agency (EEA)
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has developed the “Marine LitterWatch” (MLW) program which collects beach litter data from both
the monitoring efforts of the authorities and citizen science projects [37]. The MLW program provides
scientific input to the EU policy process and thus illustrates the regulatory potential of these programs.
The adoption of similar technologies may also aid the mapping of litter in other areas, and particularly
in the African Great Lakes region, where information is scarce.

An interesting finding of this study is the strong positive correlation between volunteer numbers
and total debris collected. This may suggest that not all litter was collected at each site, which may be
due to the fixed time restrictions placed on the clean-up (4 h). Under these conditions, greater public
involvement would lead to better results, but it should be noted that the number of sites is too low
to make any conclusive statements on this relationship. One grouping that has been shown to be
particularly valuable are students. Students can play an active role in collecting and monitoring data
using mobile applications, such as the one made by NOAA. In just one example from the Roskilde
Fjord region in Denmark, students collaborated with scientists to produce data on the occurrence of
marine litter at 12 beaches around the fjord [17]. The students analyzed the data using a protocol
inspired by the marine litter watch protocol and were shown to be able to follow instructions and
generate reliable data [17]. The involvement of students in collecting data serves as an example of
transformative learning [38] and helps to raise public awareness in general, and particularly in the
next generation. Another advantage of involving students and schools is that by educating teachers on
how to sample properly, they can ensure that the scientific protocol is properly followed.

Even though the described cases are from Europe and the United States, there is equal potential in
other places, such as within Africa. It is not correct to say that African nations and people are unaware
of the issues surrounding plastic pollution. Currently, Africa has the highest percentage of countries
(∼46%) with plastic bans [39] and numerous stakeholders are involving themselves in the fight against
plastic pollution. Policy makers have enacted banning and reduction legislation and new technologies
are being adopted across the plastics supply and recycling chain to enhance the possibilities of effective
closed-loop waste management [40]. Clean-up activities, such as the one reported here from the
shorelines of Lake Malawi, can be used to remove anthropogenic debris and raise public awareness.
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Abstract: The presence of microplastics (MPs) in the world’s longest river, the Nile River, has yet
to be reported. This small-scale study aimed to provide the first information about MPs in the Nile
River by sampling the digestive tracts of two fish species, the Nile tilapia (Oreochromis niloticus,
n = 29) and catfish (Bagrus bayad, n = 14). Fish were purchased from local sellers in Cairo, and then
their gastrointestinal tracts were dissected and examined for MPs. Over 75% of the fish sampled
contained MPs in their digestive tract (MP prevalence of 75.9% and 78.6% for Nile tilapia and catfish,
respectively). The most abundant MP type was fibers (65%), the next most abundant type was films
(26.5%), and the remaining MPs were fragments. Polyethylene (PE), polyethylene terephthalate (PET)
and polypropylene (PP) were all non-destructively identified by attenuated total reflectance Fourier
transform infrared spectroscopy. A comparison with similar studies from marine and freshwater
environments shows that this high level of MP ingestion is rarely found and that fish sampled from
the Nile River in Cairo are potentially among the most in danger of consuming MPs worldwide.
Further research needs to be conducted, but, in order to mitigate microplastic pollution in the Nile
River, we must act now.

Keywords: microplastics; freshwater; Africa; ingestion; Nile tilapia (Oreochromis niloticus); catfish
(Bagrus Bajad); fibers; ATR-FTIR spectroscopy

1. Introduction

Microplastic pollution (MPs, defined as <5 mm in size) has been found in all compartments of the
aquatic environment—water, sediment and the animals that inhabit them. Microplastics have been
found in the depths of the ocean [1,2] and in remote mountain locations [3,4]. However, some significant
knowledge gaps relating to the presence and abundance of MPs across our planet remain, both in
terms of aquatic habitat and geographical location. Most of the scientific research into MP pollution
still focuses on the marine environment, and less is known about MPs in freshwaters [5]. MP research
is largely concentrated in Europe and North America, and is under-represented in Africa, Asia and
South America [5]. Despite the fact that the primary focus of MP research has been in the marine
environment, there has been increasing interest in determining the presence MPs in river systems.
Countless people depend on rivers for a variety of vital functions, and, furthermore, rivers have been
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shown as major pathways for the transport of substantial amounts of plastic debris and MPs from
land-based sources to the oceans [6,7]. Thus, in recent years, MPs have been documented in the water,
sediment and biota of the some of the world’s major river systems; the Thames (UK) [8,9], the Seine
(France) [10], the Rhine (Germany) [11] and the Danube (Austria) [12] in Europe; the Amazon in South
America [13,14]; the Yangzte in Asia (China) [15,16]; and the St. Lawrence in North America [17].
One notable river not present on this list, arguably the most famous river of all, is the Nile River.
The aim of this small-scale study was to rectify this knowledge gap and provide the first information
about MPs in the Nile River.

The Nile River is the longest river in the world at 6693 km [18], and it is the only permanent river
to cross the Sahara Desert [19]. The two major tributaries of the Nile are the White Nile and the Blue
Nile (Figure 1). While the latter’s origin in Lake Tana in Ethiopia is well known, the origin of the longer
White Nile is debatable, but it is considered to be a tributary of the Kagera River which flows into Lake
Victoria [19]. The White Nile tributary then leaves the African Great Lake at the Ugandan city of Jinja,
flows northwards through South Sudan and its capital Juba, and then flows on through Sudan where
the White and Blue Nile tributaries join at the Sudanese capital Khartoum, which has an estimated
population of close to 6 million people [20]. The Nile continues north into Egypt, passing through
Aswan before flowing through Cairo, which has a population estimated to be approximately 20 million
people by 2020 [20]. The Nile River drains into Mediterranean Sea via the Nile Delta (Figure 1).
Whilst the Nile flows through numerous countries, it has always been inextricably linked to Egypt and
has been described as the “donor of life to Egypt” [21]. The role of the Nile in establishing the Ancient
Egyptian civilizations cannot be understated, and the historic dependence on the Nile continues today
through agriculture, transport, fishing and tourism [19]. However, the adverse impacts of plastic and
MPs could be a pervasive threat that have not yet been researched. Here, we investigate the presence
of MPs by looking within the gastrointestinal (digestive) tracts of two fish species found in the Nile
River, the Nile tilapia (Oreochromis niloticus) and catfish (Bagrus Bajad).

Sampling the digestive tracts of resident fish populations has become a recognized approach by
which to assess the extent of MP pollution in the environment. Examples of this type of study have found
MPs in the gastrointestinal tracts of fish from the English Channel [22], French freshwater systems [23],
the Mediterranean coast of Turkey [24], the Amazon River estuary [13] and Lake Victoria [25]. This last
study was first to document the presence of MPs in African freshwaters and was conducted in the
largest of Africa’s Great Lakes. Nile perch (Lates niloticus) and Nile tilapia were selected for their
economic and ecological importance and were purchased from the local market in the Mwanza region
of Tanzania. Gastrointestinal tracts were dissected and then digested in a strong alkaline solution to
isolate MPs. In total, suspected plastics were recovered from the gastrointestinal tracts of 11 perch (55%)
and seven tilapia (35%), and they were confirmed in 20% of each fish species (i.e., four individuals)
by attenuated total reflectance Fourier transform infrared (ATR-FTIR) spectroscopy, the definitive
analytical technique for identifying the chemical composition of plastic polymers. A variety of polymers
were recovered from the fish including polyethylene, polyurethane and polyester, which are found in
packaging, clothing, and food and drink containers. The likely sources of these plastics are considered
to be human activities linked to fishing and tourism, as well as urban waste [25]. Though limited in
the number of fish used, the Lake Victoria study exemplified how a small-scale investigation could be
conducted and provide an early indications of MP pollution [26].

The present study was conducted with fish caught in the center of Cairo and used the same
methods as in Lake Victoria. Nile tilapia were once again utilized, and the second species used was
the catfish, Bagrus Bayad. Nile tilapia typically inhabit shallow waters and are omnivorous with a
diet consisting of plankton and smaller fish [27], whereas the much larger catfish are exclusively
piscivorous, living and feeding near the bottom of the water column [28]. The presence of MPs in these
two species of differing niches and feeding habitats could provide additional information by which to
better understand the fate of MPs in freshwater rivers.
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This study was conceived as part of the documentary ‘The Plastic Nile’ produced by Sky News
International. It was conducted within a relatively short period of time (five days) and under a degree
of confidentiality that is not usual for scientific investigations. The reason for this is that criticism of the
Nile is often negatively received by the authorities, as evidenced by the case of Egyptian singer Sherine
Abdel Wahab, who was sentenced to six months imprisonment for commenting on the cleanliness
of the Nile River [29]. Thus, the work was performed in a laboratory within the greater Cairo area,
but no further details are provided as to not identify our hosts. Moreover, they have requested not to
be added as co-authors to this work, but we greatly acknowledge and appreciate their collaboration,
without which this work would not have been possible.

 

Figure 1. Path of the Nile River starting at Lake Tana (Blue Nile) and Lake Victoria (White Nile),
respectively, before meeting at Khartoum and flowing toward the Mediterranean Sea via Cairo, the area
of the present study (A). Fish were caught around Dahab Island in the Nile River at Cairo and purchased
from markets located along the Nile Corniche on the east bank of the Nile opposite Dahab Island (B).
Examples of plastic litter found close to Dahab Island and along the Nile (C,D). (Map source: Google
Earth (2019) with the path of the Nile River overlaid from shapefiles [30]).

2. Materials and Methods

2.1. Study Area and Fish

In December 2018, twenty-nine Nile tilapia (Oreochromis niloticus) and fourteen catfish (Bagrus bayad)
were purchased from local sellers situated along the Nile Corniche in Cairo, where fish are caught
and sold daily. The fish were caught in the vicinity of Dahab Island, which is located in the heart of
Cairo and close to The Great Pyramid of Giza (Figure 1). Fish were purchased whole without the prior
removal of their gastrointestinal tracts (i.e., they were not gutted) and transported to the laboratory,
where they were promptly refrigerated at 4 ◦C. The gastrointestinal tracts of each fish were removed
within 24 h of arrival in the laboratory. Prior to dissection, all fish were measured and weighed.
Nile tilapia (n = 29) had an average weight and length of 129.7 ± 59.0 g and 17.7 ± 2.5 cm, respectively,
and the catfish (n = 14) were considerably larger at 1496.4 ± 849.2 g and 56.5 ± 18.9 cm. The catfish
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weight exceeded the limit of the digital laboratory balance and were therefore weighed on an analog
kitchen scale. The heaviest catfish was just over 3000 g. The length and weight of each individual fish
used in this study can be found in Table S1 (Supplementary Information).

2.2. Tissue Digestion and MP Extraction

The methods for dissection and digestion, as well as the subsequent isolation of MPs,
were conducted as previously described by Biginagwa et al. (2015) [25]. For each fish, the entire
gastrointestinal tract from buccal cavity to anus was dissected following a longitudinal incision of
the abdomen. All efforts were made to eliminate sample contamination with the thorough cleaning
of dissection utensils with 70% ethanol and lint-free paper between dissections. A preliminary
examination was made of each gastrointestinal tract, and, in the case of catfish, undigested smaller fish
were removed. Dissected tissues were placed in 250 or 500 mL conical flasks, to which 10 M NaOH
was added in a 5:1 (w/v) ratio. The NaOH digestion (60 ◦C for 24 h) was used to isolate plastic litter
from the organic tissue. This method, which involves a strong basic solution, has been shown to digest
organic matter with an efficacy of >90% [15,31] whilst importantly having negligible impact on the
plastics, especially when compared to strong acid digestion, which can discolor or degrade plastics.
Post-digestion, the plastics and a minimal amount of partially digested tissue were rinsed from the
NaOH through 250 μm mesh stainless steel sieves under running water and then placed on filter paper
(Whatman® Grade 540, Hardened Ashless Filter Paper, 90 mm diameter, GE Healthcare Life Sciences,
UK) to dry under a fume hood. The dried samples were then tightly wrapped within the filter papers,
sealed in 50 mL falcon tunes, and transported to the laboratory at Roskilde University (Denmark).

In the laboratory, each sample was examined under a light dissection microscope (×40). MPs were
initially visually identified due to their possession of unnatural coloration (such as bright blue) and/or
unnatural shapes (such as fragments with sharp edges) [32,33]. A secondary visual inspection was
made in which each suspected item was required to possess the following criteria as described by
Nor and Obbard (2014) [34] and Horton et al. (2018) [35]: (1) no visible cellular or organic structures,
(2) unsegmented, (3) fibers of homogenous width, (4) the appearance of homogenous material, (5) fibers
that remained intact if pulled with tweezers, and (6) flexible, but not brittle. These two steps were used
to document the presence of MPs. MPs found per fish were enumerated and categorized as fibers,
fragments, films, pellets, foams or beads, according to Tanaka and Takada (2016) [36]. Pictures of
the suspected MPs were taken with an Olympus uc90 digital camera mounted on an Olympus SZ61
microscope. A subsample of MPs was analyzed by Fourier transform infrared spectroscopy to verify
the visual identification based on its chemical structure.

2.3. Fourier Transform Infrared Spectroscopy

The chemical composition of a representative sample of MPs was non-destructively identified by
attenuated total reflectance Fourier transform infrared (ATR-FTIR) spectroscopy. ATR-FTIR has become
a standard analytical technique for identifying the chemical composition of samples larger than 0.5 mm.
However, owing to this size constraint, the representative sample analyzed was made from those plastic
particles that were at least 0.5 mm in one dimension. In total, 10% of the collected MPs were identified
by ATR-FTIR. Scans were run at a resolution of 2 cm−1 between 4000 and 650 cm−1 on a Bruker
Alpha-p FTIR spectrometer (Bruker, Billirica, MA, USA) fitted with a diamond single-bounce internal
reflectance element. Spectra were compared with reference standards run on the same instrument
and processed using Opus software supplied by Bruker. To make a positive polymer identification,
we used the approach advocated by Frias et al. (2016) [37] and the European Union expert group on
marine litter (Subgroup on Marine litter (TSG-ML)) to only accept matches of >70% similarity to the
reference library samples [38].
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2.4. Quality Assurance Measures

Neoprene gloves and cotton lab coats were worn during the dissection, filtering, and microscope
processes in order to avoid contamination. All glassware used was washed and rinsed with distilled
water. During the process to isolated MPs, six background samples (petri dishes containing filter
papers) were placed in the lab space. This included around the dissection area and under the fume
hood whilst the samples dried to account for any airborne MPs. The references were transported along
with the samples back to Denmark. All background samples were systematically examined under
light dissection microscope all with the other samples. Only one black fiber was found in the reference
petri dishes.

2.5. Analysis

The number of individuals containing MPs from each species was expressed as the frequency of
occurrence of MPs (FO%), as follows: FO% = (Ni/N) × 100, where Ni is the number of digestive tracts
that contained MPs and N is the total number of gastrointestinal tracts examined [13]. Differences in
FO% and the average number of items found per individual between Nile tilapia and catfish were
assessed by an unpaired t-test (SPSS version 22 (SPSS statistics for windows, SPSS Inc., Chicago,
IL, USA)).

3. Results and Discussion

3.1. Abundance of MPs in Fish Gastrointestinal Tracts

Over 75% of the 43 fish sampled in this study contained MPs in their gastrointestinal tract (33 out
of 43, FO = 76.7%). From these 33 fish, a total of 211 items of plastic were recovered. The highest
number of MPs recovered from a single fish was 20 individual items, which were found in a Nile tilapia
(sample #15, Table S1). The two species showed similar levels of MP prevalence, with FO values of
75.9% and 78.6% for Nile tilapia and catfish, respectively. Of the 22 out of 29 Nile tilapia that contained
MPs in their gastrointestinal tract, 164 MPs were recovered. Thus, each tilapia that contained MPs
contained, on average, 7.5 ± 4.9 items. Forty-seven MPs were recovered from the 11 out of 14 catfish
with MPs in their digestive tracts, with each individual containing MPs having an average burden of
4.7 ± 1.7 items (Table 1). This difference between 7.5 ± 4.9 and 4.7 ± 1.7 items per fish was significant
(p = 0.046; unpaired t-test), thus suggesting that Nile tilapia either consume more MPs than catfish or
better retain them within their digestive system. As Nile tilapia inhabit shallower waters closer to
the surface, they may be more likely to come into contact with MPs than the bottom-dwelling catfish.
Moreover, the omnivorous diet of the tilapia which contains plankton may mean that it is more likely
to mistake plastic items for food rather than the strictly piscivorous catfish. Any species differences
should be treated with caution due to the limited numbers of fish involved in this study. However,
a comparison of feeding type did find that omnivorous fish with their diverse diets and higher feeding
rates were more likely to contain MP fibers than either herbivorous or carnivorous species [39].
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The frequency of occurrence in fish sampled from the Nile River at Cairo appears to generally
higher than those reported from other locations. Fish sampled from the marine environment have
wide ranging values; at the low end of the scale, only 2.6% of fish sampled from the North Sea [40] and
only 5.5% of fish in the North and Baltic Seas [41] contained MPs. Elsewhere, the prevalence of MPs in
different fish species has been determined to be 19.8% of fish from the Portuguese coast [42], 37% from
the English Channel [22], and 68% from the Balearic Islands [43]. The Mediterranean Sea, into which
the Nile River flows, is perhaps the most valid marine comparison to be made. An investigation of MP
prevalence in fish from the Turkish waters of the Mediterranean Sea found that 41% of sampled fish
representing 28 species contained MPs [24]. In Spanish and Mediterranean coastal waters, 17.5% of
examined fish contained MPs in their digestive tracts, with the highest occurrence in red mullet
(18.8%) [44]. The larger pelagic fish of the Mediterranean—swordfish, Bluefin tuna and albacore—had
occurrences of 12.5%, 32.4% and 12.9%, respectively [45].

In comparing studies, it is important to make relevant comparisons. For the Nile River, the two
most relevant comparisons are studies in which fish were sampled from freshwater rivers or conducted
in locations with similar sized urban populations. For each of these parameters, there are only a
handful of relevant findings to compare against. Perhaps the only comparable river to the Nile in the
world is the Amazon, and the two have both been described as the world’s longest river. However,
the MP prevalence in fish from the Amazon estuary and northern coast of Brazil is markedly less
than those from the Nile, as MPs have only been found in 26 out of 189 examined gastrointestinal
tracts (13.8%) across 14 different species [13]. Fish sampled from French and Belgian freshwater river
systems have been shown to have an overall FO of only 12% and 9%, respectively [23,46] and, of the
fish sampled from the River Thames (UK), 33% contained MPs [35]. However, whist the Thames is
considered to be a major river and the city of London has a sizeable population, the sampling sites for
this study were situated outside of the largest urban areas. Research conducted in Tokyo Bay (Japan)
with a population in the bay’s drainage area of 29 million people found that 77% of Japanese anchovies
contained MPs in their digestive tracts [36]. Very few studies have reported higher occurrences, but in
the Río de la Plata [47] and Bahía Blanca [48] estuaries in Argentina, MPs have been found in 100% of
the sampled fish. Notably, the study by Pazos et al. (2017) [47] reported an average number of MPs
per fish as 18.5 ± 18.9, whilst more typical numbers were found to be between 2 and 10. Our results
predominantly fit in this range.

Comparing a wide range of aquatic habitats and fish species, it appears that the frequencies of
occurrence for MPs in Nile tilapia and catfish sampled from the urban waters of Cairo are amongst the
higher levels reported in the scientific literature.

3.2. Characteristics and Identification of Polymer Types

Fibers were the most commonly found MP type, accounting for 65.3% and 61.7% of items found
in the gastrointestinal tracts of Nile tilapia and catfish, respectively. Films were the second most
abundant, with 25.6% (Nile tilapia) and 29.8% (catfish), and fragments made up 8.5% of the recovered
items in both species (Table 1). Pellets, foams and beads were not found. Black and red colored MPs
were most abundant for fibers and films (black > red > blue > green > other > transparent for fibers
and black > red > transparent > green > blue for films). Fragments were predominantly blue (blue >
black > transparent). The full dataset for MP number, type and color per individual can be found in
Table S1 (Supplementary Information). A selection of the MPs recovered from the digestive tracts of
the sampled fish can be found in Figure 2.

The dominance of fibers as the most abundant MP type is well founded in the literature.
Fibers constituted the greatest proportion of MPs in fish from the Río de la Plata estuary (96%) [47] and
in the North Pacific Gyre (94%) [49]. The studies by Neves et al. (2015) [42], Bellas et al. (2016) [44] and
Arias et al. (2019) [48] also reported greater numbers of fibers compared to other MP types within
piscine digestive tracts. The reason for fibers being so common has been attributed to their diverse
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origin. Fibers may result from the degradation of clothing items, furniture and fishing gear. Washing a
single item of synthetic clothing may release approximately 2000 fibers [50].

 

Figure 2. Examples of MPs found within the gastrointestinal tracts of Nile Tilapia and Catfish:
fibers (blue polyethylene (PE) (A), Red polyethylene terephthalate (PET) (B), and PET fiber knot (C)),
films (black (D), green (E) and transparent (F) films were all identified as PE), and fragments (light blue
polypropylene (PP) (G), blue-green PP (H) and white PET (I)).

ATR-FTIR spectroscopy was used to verify the visual selection of MPs. All of the analyzed MPs
(approximately 10% of the 211 recovered MPs) were plastic polymers. Polyethylene (PE), polyethylene
terephthalate (PET), and polypropylene (PP) were all found (Figures 2 and 3) in keeping with other
studies. These polymers are used in a multitude of consumer products from clothing, to packaging,
to plastic bags, as well as in fishing nets and ropes. Given the diverse usage of commonly found
polymers, it is not possible to directly attribute the presence of MPs within fish digestive tracts to any
specific source.

ATR-FTIR also revealed that a number of the MPs had undergone a degree of weathering and
chemical oxidation (Figure 3). For example, the spectrum of the blue PP fragment had developed
additional broad peaks at 1620–1750 cm−1 and 1100 cm−1 that may be attributed to degradation
compared to the pristine PP reference material. MPs in African freshwaters, as in other equatorial
locations, are likely to degrade faster than in more temperate conditions because reactions such
as photolysis, thermo-oxidation and photo-oxidation are accelerated by intensive UV light [51].
The implications of weathering are not well understood, but environmentally-aged or degraded
particles may have the rate at which they sink though the water column altered, which in turn may
effect which organisms they meet. Furthermore, weathered MPs maybe more susceptible to biofouling
(the attachment of microorganisms to the surface of the MP) or the adsorption of other environmental
pollutants such as hydrophobic, organic contaminants or trace metals [52,53].
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Figure 3. Fourier-transform infrared (FTIR) spectra of representative samples identified as polyethylene
(PE) (both red fiber and black film) and polypropylene (PP) (blue-green fragment). Sample spectra are
shown as red and compared to known reference samples in black. Samples exhibited weathering and
oxidation, as shown by the presence of additional broad peaks, e.g., at wavelengths of 1620–1750 cm−1

and 1100 cm−1 in the spectra of the blue PP fragment.

3.3. Future Considerations

Our study provides the first assessment of MP pollution in the Nile River. Over 75% of the
sampled fish contained at least one item of plastics in their gastrointestinal tract, and five of the Nile
tilapia contained 10 MPs or more (Table S1, Supplemental Information). Comparisons across studies
from marine and freshwater environments show that this level of MP ingestion is rarely found and that
fish sampled from the Nile River in Cairo are potentially among the most in danger of consuming MPs
on the planet. However, ours was only a small-scale study, and, although this preliminary data present
a worrying scenario, we likely underestimate the true extent of plastic ingestion by Nile tilapia and
catfish. Here, we were constrained by time, fish availability and the size-selected MPs of above 250 μm.
Thus, the MPs below this size were not captured, and, based on previous research, this is likely to be a
sizeable fraction of environmentally-present MPs [54]. Moreover, smaller-sized plastic items, such as
those found in the nano-size range (less than 1 μm), have the potential to cross intestinal barriers and
enter fish tissue, which could, in turn, allow MPs to enter the human food chain [55]. Since most fish,
including those used in this study, are eaten following the removal of the digestive tract, the presence
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of larger MPs is less concerning in terms human consumption, but the presence of MPs in fish digestive
tracts is in itself a disturbing phenomenon that has been reported from many locations.

As well as being the first to describe the presence of MPs in fish from the Nile, this study is only
the second to describe MPs within fish from African freshwaters—the first having been conducted in
Lake Victoria [25]. Other research has quantified and characterized the presence of MPs in African
freshwaters, such as within gastropods from the Osun River system in Nigeria [56] and within the
sediments of the lagoon of Bizerte in Tunisia [57]. However, such studies are scarce, and there is a
pressing need for more information regarding the prevalence of MPs in Africa’s inland freshwaters [26].

The present study, as well those few others conducted in Africa, present only a ‘snapshot in time’
of MP pollution in African waters. Based on our preliminary findings from Cairo, but also with the
broader perspective encompassing African freshwaters, we suggest that establishing a complete picture
of MP pollution along the Nile River should be considered a research priority. This may be through a
continuous environmental monitoring program for MP pollution that encompasses water, sediment,
and biota, as well as sampling at a number of sites—particularly those with a dense urban population.

The confirmation of MPs in the Nile River is only the first, albeit necessary, step of starting to
understand and stop plastic pollution in the world’s longest river. Longer-term research needs to be
conducted that also encompasses the impacts of MP pollution on fish populations and its potential
transfer to surrounding human populations. Understanding the sources and fate of MPs that enter the
Nile is key to mitigating its impacts, but this understanding requires the collaboration of numerous
interested stakeholders. The Nile River is part of the human story, and the advent of the ‘plastic age’
may result in impacts on this ancient river that are not yet possible to predict. It may already be too
late to prevent such outcomes, but if we are to succeed, we must act without delay.

Supplementary Materials: The following are available online at http://www.mdpi.com/2305-6304/8/2/22/s1,
Table S1: Full dataset of microplastic number, type and color found in each individual Nile tilapia (A) and
catfish (B).
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Abstract: Plastic polymers have quickly become one of the most abundant materials on Earth due
to their low production cost and high versatility. Unfortunately, some of the discarded plastic
can make its way into the environment and become fragmented into smaller microscopic particles,
termed secondary microplastics (MP). In addition, primary MP, purposely manufactured microscopic
plastic particles, can also make their way into our environment via various routes. Owing to their size
and resilience, these MP can then be easily ingested by living organisms. The effect of MP particles
on living organisms is suspected to have negative implications, especially during early development.
In this study, we examined the effects of polyethylene MP ingestion for four and ten days of exposure
starting at 5 days post-fertilization (dpf). In particular, we examined the effects of polyethylene
MP exposure on resting metabolic rate, on gene expression of several inflammatory and oxidative
stress linked genes, and on microbiome composition between treatments. Overall, we found no
evidence of broad metabolic disturbances or inflammatory markers in MP-exposed fish for either
period of time. However, there was a significant increase in the oxidative stress mediator L-FABP
that occurred at 15 dpf. Furthermore, the microbiome was disrupted by MP exposure, with evidence
of an increased abundance of Bacteroidetes in MP fish, a combination frequently found in intestinal
pathologies. Thus, it appears that acute polyethylene MP exposure can increase oxidative stress and
dysbiosis, which may render the animal more susceptible to diseases.

Keywords: microplastic; dysbiosis; microbiome; freshwater

1. Introduction

Plastic materials are inexpensively produced and provide a high level of durability and flexibility,
making them a key material for various applications. While an increasing number of plastics are re-used
and recycled, many “single use” plastics are readily discarded and accumulate as waste worldwide [1].
Over 4900 metric tons of plastic waste have been discarded in landfills and the environment since
1950 [1,2]. Discarded plastics are derived from different polymers, such as polyethylene, polypropylene,
and polystyrene, with each polymer providing unique and desirable qualities. Polyethylene is
particularly desirable for packaging due to its resistance to degradation and low economic cost and
thus is of major environmental importance [3].

Plastic pollution affects most ecosystems, including freshwater and oceanic systems. In these
environments, plastic litter undergoes photo-oxidation and physical breakdown, generating smaller
and chemically stable particles. When these particles are smaller than 5 mm in diameter, they are called
secondary microplastics (MP) and may persist extensively in the environment and in organisms [4–7].
In contrast, primary MP are intentionally manufactured for various applications [6]. Regardless of
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their provenance, primary and secondary MP have been found in oceans for decades, though more
recently they have been detected in freshwater, reaching some of the most remote lakes around the
world [2,8,9]. In freshwater reserves, such as the Ottawa River and the Nantaizi Lake, MP can attain
concentrations between 0.1 and 6162.5 p/L [10–12]. As MP can easily be ingested, their presence in
aquatic environments poses a potential risk to many animal species, chronically exposing them to this
pervasive pollutant. In aquatic animals, MP primarily accumulate both in the alimentary canal and
respiratory structures in adult animals, though they appear to be limited to the intestine in aquatic
larvae [13,14].

Once ingested, MP can negatively impact organismal health at different levels [15–17].
First, MP can disrupt intestinal transit and their accumulation may trigger intestinal villi swelling [18].
In addition, at the cellular level, MP can also cause physical injury to surrounding cells via
abrasion-induced oxidative stress and accumulation of intercellular reactive oxygen species (ROS) [19].
Enhanced intestinal ROS production may also indicate an inflammatory response and participate in a
feedback loop [20]. Regardless of the cause, excess ROS production jeopardizes tissue integrity and
overall organismal health [21].

The inflammatory response is coordinated by multiple cascades, including pro- and
anti-inflammatory mediators. These cascades can be initiated by multiple stressors, such as toxins,
tissue damage, or microorganisms [22], and may trigger cytokines to flood surrounding tissues and
recruit nearby immune cells to initiate inflammation. While inflammation allows for the removal of the
foreign stimuli and promotion of active healing of the injured area, prolonged inflammation can also
result in various pathologies, such as inflammatory bowel disease, leading to metabolic dysfunction
and nutrient deficiency [23,24].

The intestinal accumulation of MP may also affect its microbiome, another crucial player in animal
wellbeing. In many organisms, including fish, it is clear that the microbiome plays a crucial role in both
health and diseases; thus, disturbances in the gut microbiome can be detrimental to overall animal
health [25–27]. As in other organisms, the fish microbiome can be affected by MP, with presumed
widespread effects on animal health [28–33]. Indeed, gut dysbiosis has been repeatedly linked to
various metabolic disorders [34–37].

Finally, the combined effect of oxidative stress, inflammation, and gut dysbiosis could have an
even more pronounced impact on fish during early development when energy usage and physiological
stress is high [38–40]. In particular, increased energy expenditure could negatively impact vital
processes, such as tissue maintenance, locomotion, and growth of the individual. MP can also indirectly
affect energy budgets by promoting an immune response to purge and remove plastic particles via
inflammation [41].

In order to investigate the potential negative effects of MP on a freshwater fish model organism,
we exposed larval zebrafish to polyethylene MP (10–40 μm) at a concentration of 20 mg/L. The range
selected simulates a mixed-size exposure while providing an adequate representation of the type
of microplastics found in the environment, and provides consistency with previous laboratory
investigations using supra-ecological concentrations [42–45]. The experiment examined the acute and
prolonged effects of MP exposure throughout early development by assessing oxygen consumption
rates (OCRs), directed gene expression analysis, and microbiome diversity to assess the various impacts
of differential MP exposure. Our results show that MP exposure during early life has no impact on
metabolic or immunological systems but appears to have localized effects within the gut by increasing
oxidative stress and disturbing the gut microbiome.

2. Methods

2.1. Caretaking

Commercially obtained adult zebrafish (Danio rerio) were maintained in an aquatic housing system
(Aquaneering, San Diego, CA, USA) with recirculating UV-treated de-chlorinated water maintained

30



Toxics 2020, 8, 55

at 27 ◦C with a 14:10 h light dark cycle. Adult animals were fed twice daily with Adult Zebrafish
Complete Diet (Zeigler, Gardners, PA, USA) and once with Artemia naupii. Adult fish were bred
in tanks using standard procedures [46], and embryos were collected before being washed twice
in 0.05% bleach solution and transferred to 90 × 15 mm petri plates filled with E3 buffer solution
(5 mM NaCl, 0.17 mM KCl, 0.33 mM CaCl2, 0.33 mM MgSO4, 0.0006 mM methylene blue). The fish
were then kept at 28 ◦C until day 5 post-fertilization (5 dpf), with E3 medium being replaced once
every 24 h. At 5 dpf, the fish were transferred into 300 mL beakers and maintained in de-chlorinated
control water or water containing MP. The MP fish were exposed to commercially obtained 10–45 μm
polyethylene microspheres (Cospheric, Goleta, CA, USA) at a concentration of 20 mg/L. All fish (MP and
control) were kept under these conditions for either 4 or 10 days, corresponding to 9 dpf and 15 dpf,
respectively. Under similar experimental conditions, this treatment previously yielded consistent
ingestion and accumulation of MP in all zebrafish larvae [13]. All treatments were maintained in a
27 ◦C water bath for the duration of the experiment. Daily, larvae were fed ad libitum Larval AP100
feed (Ziegler, Gardners, PA, USA), and approximately one third of the water, 100 mL of either MP
or pristine freshwater, was replaced to maintain water quality and remove deceased larvae. As with
prior work [13], mortality rates remained low (<2%) throughout the experiment. Bioassays were run
in parallel using fish from 6 independent breeding events. All animal experimentations conform to the
guidelines of the Canadian Council on Animal Care and were approved by the Brandon University
Animal Care Committee on July 12 2016 under the research protocol 2016R03.

2.2. Respirometry

At 9 and 15 dpf, the oxygen consumption rates of zebrafish larvae were measured using a fibre-optic
respirometry system (OXY-4 mini, PreSens, Regensburg, Germany). Both oxygen consumption and
temperature values were recorded in parallel with the AutoResp software v2.1.2 (Loligo® Systems,
Viborg, Denmark), and data were analyzed using RespR v1.1.0.0 [47]. The respirometry procedure was
conducted in a temperature-controlled water bath (26.91 ◦C ± 0.02) for the duration of the experiment.
Fish were placed into borosilicate chambers (2–3 mL) fitted with small optodes using aquarium-grade
silicon (Marineland, Blacksburg, VA, USA). Magnetic stir bars allowed for adequate oxygen circulation
and their consistent rotation was improved by the addition of rubber rings at the bottom of the tube.
The system was calibrated with 100% O2 saturated E3 medium or dissolved sodium sulfite (0.02 g/mL
solution). The fish were acclimated to the borosilicate chambers for 30 min and half of the total volume
was replaced with fresh E3 prior to data collection. Each trial consisted of a 20 min sampling period
featuring an early section (2 min), an intermediate section (8 min), and a late section (10 min). A sample
size of 6 replicates (where each replicate included 5–10 fish depending on the size of the tube used) was
used to determine OCRs between the treatments. We also measured background OCR (with no fish in
chambers) and found these values to be negligible compared to larval OCRs. The intermediate sections
were plotted using RespR to identify the most linear portion of the slope used for OCR calculation [47].
The OCRs were converted to nanomol/fish/hour to remain consistent with previous literature [13,48].

2.3. RNA Extraction, Reverse Transcription (RT), and qPCR

Following 4 or 10 days of exposure (9 dpf or 15 dpf), the larvae were anesthetized in 100 mg/L
tricaine methanesulfonate (MS–222, Sigma-Aldrich, Darmstadt, Germany) and quick-frozen in liquid
nitrogen before being stored at −80 ◦C until further manipulation. RNA was isolated from a total of
36 samples, comprising 9 replicates for control and MP treatments at both 9 and 15 dpf, using an RNeasy
Mini extraction kit in accordance to the manufacturer’s protocol (RNeasy, Qiagen, Aarhus, Denmark).
A final volume of 20 μL was obtained for each sample, and the quantity and quality of the RNA was
determined by the use of a NP80 NanoPhotometer® (Implen, Munich, Germany). Optical density
ratios of 260/280 nm above 1.9 and concentrations above 500 ng/μL were targeted in order to provide
a total of 2 μg of RNA for reverse transcription using the GoScript™ Reverse Transcription System
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(Promega, Madison, WI, USA). The transcribed cDNA was then diluted (1:10) prior to qPCR, as described
before [49].

2.4. qPCR

Nine genes were selected in order to examine the inflammatory response of larval zebrafish.
Primer sets were obtained from previous publications or custom designed with the use of Primer3
software (Table 1, [50–57]). Primer specificity was confirmed by examining the top e-value in BLASTn
(NCBI) and single product amplification confirmed by melt analysis of all reactions.

Table 1. List of primers used in qPCR assays of gene expression.

Gene Forward Primer Reverse Primer Accession Number

ef1α51 CTTCTCAGGCTGACTGTGC CCGCTAGCATTACCCTCC AY422992
Rpl-13a52 TCTGGAGGACTGTAAGAGGTATGC AGACGCACAATCTTGAGAGCAG NM_212784.1
MyD8853 GAGGCGATTCCAGTAACAGC GAAAGCATCAAAGGTCTCAGGTG NM_212814.2
Ccl2054 ATCAATCTGCGCTAATCCATCAC TGGTGAACATGCTCATCGTCTT NM_001113595.1

L-FABP55 ACGTGGCAGGTTTACGCTCAG TTGGAGGTGATGGTGAAGTCG BC164928.1
SOD156 GTCGTCTGGCTTGTGGAGTG TGTCAGCGGGCTAGTGCTT AY324390.1
NF-κβ56 CCAAATCCCAAAAGGTTAGAGATTT CCTCTTAGGGCTGAGCGAATT XM_005156814.2
Cxcl8a57 TGTTTTCCTGGCATTTCTGAC TTTACAGTGTGGGCTTGGAGGG XM_009306855.3
Mus2.150 TGGTGGACCAGTGTGAAAAA GGTCCAAAACCCAGCTACAA XM_021470771.1

Gene expression analysis was carried by qPCR amplification using the QuantiNova™ SYBR Green
PCR kit (Qiagen, Aarhus, Denmark), with a final volume of 15 μL per reaction (7.5 μL 2X SYBR Green
PCR Master Mix, 0.7 μM forward and reverse primer, respectively, and 1 μL cDNA). Standard curves
were created for each of the primer sets and the efficiency of each primer set was computed using
Quantinova Rotor-Gene Q Series Software (Qiagen). Melting curve analysis was also performed to
ensure single product amplification in each reaction. Only primer sets with suitable efficiency values
(1.00 +/− 0.20) and single amplicon were used for further testing. The cycle threshold (Ct) values
were automatically calculated using Rotor-Gene software using the corresponding standard curve.
Relative gene expression levels were calculated using the ΔΔCt method [58], using the geometric mean
of two housekeeping genes (eF1α and Rpl-13a) as a reference [49,58].

2.5. Respirometry and Gene Expression Statistical Analysis

Respirometry data and gene expression data were analysed in SigmaPlot software (SigmaPlot 14.0,
Systat Software, San Jose, CA, USA). A two-way ANOVA was used to compare both the respirometry
and gene expression data. All tests were performed at a significance level of p = 0.05, after passing
equal variance and normality tests.

2.6. Microbiome Analysis

2.6.1. Sampling, DNA Extraction, Sequencing, and Pre-Processing

At both 9 and 15 dpf, 6 replicate samples of each treatment containing 20 individual zebrafish
larvae each were anesthetized in 100 mg/L tricaine methanesulfonate, thoroughly washed with 100%
ethanol, flash frozen, and stored at −80 ◦C until further analyses. For each sample, genomic DNA was
isolated using the One-4-All Genomic DNA Miniprep Kit (BioBasic, Markham, ON, Canada).

Samples were then sent to Génome Québec Innovation Centre (McGill University,
Montreal, QC, Canada) for quality control, PCR validation and reaction, amplicon barcoding,
and normalization. The 16S primers used were 515F: GTGCCAGCMGCCGCGGTAA and 806R:
GGACTACHVGGGTWTCTAAT [59]. A BioAnalyzer 2100 (Agilent Technologies, Santa Clara, CA, USA)
was used to check the quality of amplicon libraries that were subsequently sequenced on the MiSeq
platform in a paired-end 300 bp fashion. Raw sequence reads were deposited in the NCBI short
sequence read archive (SRA) under the accession number PRJNA643286. The amplicons were adapter
and quality trimmed in CLC Genomics Workbench v11.0.1 (Qiagen, Aarhus, Denmark; Quality Limit
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= 0.00316, Minimum Length = 15, default parameters herein). The reads were then processed in CLC
v11.0.1 for downstream analyses, as described previously [60].

2.6.2. CLC Analysis

We used the CLC Microbial Genomics Module 3.5 (Qiagen) pipeline for 16S analysis. First, operational
taxonomic units (OTUs) were clustered at 97% similarity against the reference SILVA 132 database [61].
Chimeric sequences as well as OTUs detected in less than 0.05% of the total reads were then filtered out.

Bacterial communities were compared across ages and between control and MP fish. The OTU
table was rarefied before OTU alpha diversity analysis was carried out using Shannon and Simpson’s
alpha diversity indices as well as total OTU in CLC. Differences between all groups were assessed with
a non-parametric Kruskall–Wallis test followed by Mann–Whitney U pairwise tests (α = 0.05).

Furthermore, beta diversity was evaluated with weighted and unweighted UNIFRAC as well as
the Bray–Curtis index. Principal coordinates analyses (PCoA) of the distance plots were visualized,
and multivariate analyses (PERMANOVA) were used to compare treatment differences. Differential
abundance was computed using a binomial general linear model framework, and a likelihood test was
used to detect differences across groups, followed by a Wald test for pairwise comparisons (FDR < 0.05).

3. Results

3.1. Respirometry

We explored the effects of MP exposure on routine metabolic rate using closed-system respirometry
(Figure 1). Mean oxygen consumption rates (OCRs) between fish raised in clear water (control) and
MP-exposed fish at both developmental time points were not statistically significant (Figure 1).
However, we were able to identify a difference in OCRs when comparing the two time points, 9 dpf
and 15 dpf (p = 0.015). To test whether the developmental time point of the zebrafish was more
important than the overall MP duration, we also examined a 10–15 dpf exposure period to MP;
however, no significant difference was found when compared to the 5–15 dpf treatment (data not
shown). Ultimately, no statistically significant difference in mean OCRs was identified in any of the
treatments in regard to MP exposure (Figure 1).

Figure 1. Oxygen consumption rates (OCRs) for microplastic (MP) exposed zebrafish. OCRs of MP fish
after 5 days (pink) and 10 days (red) of exposure to MP and the respective age matched control fish
(light blue/dark blue). No statistical significance was observed between the MP and control groups;
however, there was a significant difference between time points (n = 6, p = 0.015).

3.2. Gene Expression Analysis

In order to assess the effects of MP exposure on various cellular response pathways, we used qPCR
and evaluated patterns of gene expression of nine gene targets involved with the inflammatory response,
the gut microbiome, or oxidative stress (Figure 2). In terms of MP inflammatory response, none of
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the target genes (ccl20, cxcl8a, and NF-κβ) appeared to be affected across treatments. Although ccl20
and cxcl8a both show a marginal reduction in gene expression in 15 dpf MP fish, this effect was not
statistically significant (Figure 2A). Similarly, genes associated with the gut microbiome (MyD88 and
Mus2.1) exhibited relatively high variability resulting in no appreciable difference between treatments
(Figure 2B). Finally, genes that are typically upregulated in periods of oxidative stress, L-FABP and
SOD1, were also examined. In this case, we detected a significant increase in L-FABP expression in MP
fish at day 15 (p = 0.022), but a marginal and insignificant increase in SOD1 in the same fish (Figure 2C).

Figure 2. Gene expression in MP and control fish at 9 and 15 dpf. Gene expression analysis of
inflammatory (A), microbial (B), and oxidative stress (C) genes in fish exposed to MP for 4 (pink)
and 10 days (red) or aged matched control fish (light and dark blue). EF1α/RLP-13a were used as
housekeeping genes. Statistically significant differences are indicated with an asterisk (n = 9, p < 0.05).

3.3. Structure of Gut Bacteria Communities

We aimed to characterize the effect of MP exposure on the microbiome of zebrafish larvae for different
exposure duration. Fish were exposed to MP or control conditions and sampled at 4 and 10 days, and their
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DNA was extracted (n = 6 for each treatment and time point) and was subjected to high throughput 16S
sequencing. We obtained a total of 3,535,330 reads, of which 42% were retained as OTU reads after quality
trimming and chimeric read removal. CLC analysis assigned these reads to 1239 OTUs at >97% similarity,
and after selecting OTUs present in over 0.05% (n = 105) of the reads, these were identified from 7 phyla,
9 classes, 24 orders, 33 families, and 62 genera (see Supplementary File 1).

3.4. Core Microbial Composition

In this study, we describe the core microbiome as taxa that are present in all 24 of the samples
sequenced, regardless of treatment and time point. At the phylum level, Proteobacteria had a
consistent dominating presence as the most abundant phylum (90%) across all samples and treatments.
Indeed, the next most abundant ubiquitous phyla, Bacteroidetes and Cyanobacteria, only each averaged
4% of the total reads in all samples (Figure 3). At the genus level, Aeromonas, Pseudomonas, and Vibrio
were overall the most abundant and were among the 17 genera identified as the core microbiome
common (Supplementary File 1). Thus, while there were some marked differences in microbial
composition across samples and treatments (see below), there was a relatively strong presence of two
major phyla and several genera in the larval zebrafish microbiome.

α

 
Figure 3. Relative phylum composition of control and MP-exposed zebrafish larvae. Zebrafish larvae
were exposed to control conditions (A,C) and microplastics (B,D) for 4 days (A,B) and 10 days (C,D),
respectively. Percentages represent the relative abundance of the most represented phyla.

3.5. Microbial Community Changes through Ontogeny

In order to assess the differences in microbiota across treatments, we assessed the relative diversity
of the samples. First, we normalized for sequencing depth and rarified all samples to 37,895 reads
to examine changes in community structure. Overall, as the fish aged, we saw a relative decrease
in community diversity (Figure 4). Although the general pattern applies to both MP and control
treatments, it was only statistically significant for all three indicators used in MP fish (observed OTUs,
Shannon and Simpson indices), while only the total observed OTU index was significantly decreased
in older control fish. However, when we delve into the specifics, we see the number of ubiquitous
phyla decreasing from five to only two, Bacteriodetes and Proteobacteria, during the 9 to 15 dpf transition
(Supplementary File 1). Incidentally, the abundance of these two phyla increased with the age of the
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fish, while others, such as Firmicutes and Planctomycetes, were reduced in older fish. These trends were
further confirmed as several genera of the Burkholderiaceae and Comamonadaceae family, for example,
markedly decreased in older fish (Supplementary File 1). Overall, there was strong evidence of an
ontogenic shift in microbial fauna in the developing fish.

Figure 4. The effect of MP exposure on diversity indices in larval zebrafish. Simpson and Shannon
OTU diversity indices obtained through CLC analysis for 9 dpf control (light blue) and microplastics
(pink), as well as 15 dpf control (dark blue) and microplastics (red). Significant differences are indicated
by different letters (p = 0.05).

3.6. MP Exposure Disturbs the Microbiome

While the age of the fish appears to have an influence on the microbiota composition within
each treatment group, we were mostly interested in the differences within and between treatments.
We compared beta diversity differences among our samples using permutational multivariate
analysis (PERMANOVA). Overall, microbial communities were different across treatments/exposures
(PERMANOVA: F = 6.16, p = 3 × 10−5) and particularly according to the age of the fish (PERMANOVA:
p = 3 × 10−5). However, there was no overall significant impact of MP treatment compared to control
when combining both time points (PERMANOVA: F = 1.11, p = 0.342). When examined within age
groups, only 9 dpf fish showed a significant difference in bacterial communities in MP-treated fish
compared to controls (p = 0.013). However, at both time points, there was an increased abundance of
Bacteroidetes in MP fish, as well as changes in the abundance of several genera (Supplementary File 1).
This overall suggests that, while larval zebrafish undergo broad ontogenic microbial changes over the
exposure period, there is an evident effect of MP on the microbiome of larval fish, particularly during
early development.

4. Discussion

Plastic pollution is quickly becoming one of the most concerning forms of anthropogenic
pollution, with numerous studies indicating increased levels of MP in our water systems [62–64].
MP can accumulate inside aquatic species, rapidly leading to bioaccumulation and homeostatic
imbalances [65,66]. For example, wild fish are likely encountering MP chronically and thus serve
as excellent models for the study of MP toxicity in a living system [67]. A number of studies have
demonstrated that MP pollution is indeed harmful, even under acute exposures, with polystyrene
MP causing gut dysbiosis, inflammation, oxidative stress, and impaired swimming performance in
adult zebrafish [41,68]. However, exposure to polyethylene MP has shown conflicting results in adult
zebrafish, with some suggesting that polyethylene MP pose little to no harm [69], while others describe
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signs of oxidative stress and inflammation [16]. Here, we present additional evidence that there is a
limited impact of acute MP exposure on developing larval zebrafish. Indeed, ten days of exposure to
supra-ecological concentrations of MP does not seem to affect the overall metabolism of the fish and
has a limited impact on inflammatory molecular responses, but it seems to trigger an elevated ROS
response in the larvae and a concurrent dysbiosis of the larval microbiome.

In order to assess the effect of MP ingestion at the whole organism level, we monitored larval
oxygen consumption in a closed respirometry system. Indeed, changes in oxygen consumption
could provide an indication of changes in the metabolic status of the animal, including changes in
immunological activity and physiological stress [70,71]. Overall, larval oxygen consumption rates were
in line with previous studies, with an evident increase in oxygen consumption as the larvae ages [48].
However, we were unable to detect any differences in oxygen consumption between age-matched
control and MP-exposed fish, suggesting no global effects on the larval metabolic function. Increased
OCRs may indicate the presence of physiological stressors such as widespread inflammation or
decreased nutrient absorption [72]. Although similar oxygen consumption rates could indicate a lack
of response, we cannot rule out a localized immune response to MP in the fish which may not have
broad metabolic effects [13,44]. To further investigate this possibility, we examined the expression of
several immune response genes following distinct durations of MP exposure.

Early on in larval zebrafish development, the immune system relies entirely on the innate response
for protection [73]. Though efficient, this system requires activation via several pattern recognition
receptors that recognize specific exogenous molecules and trigger the release of inflammatory
cytokines [22]. We hypothesized that these receptors could be activated by polyethylene particles and
thus decided to examine the expression of two genes involved in the broad spectrum MyD88-dependent
pathway. MyD88 is largely responsible for the signal transmission of toll-like receptors associated with
inflammation, ultimately upregulating cytokine NF-Kβ [74–76]. We were unable to find any significant
difference in MyD88 or NF-Kβ expression between either of the time points and treatments, suggesting
an absence of generalized inflammation via this pathway. However, it is possible that, given the
broad tissue distribution of these markers, our approach measuring whole body gene expression
levels may mask small localized changes in intestinal tissues. Considering this caveat, we investigated
two cytokines (ccl20 and cxcl8a) closely associated with the gut region to provide a more targeted
assessment. Both cytokines have been associated with localized gut inflammation in zebrafish in
various contexts, which may identify them as key contributors to gut inflammation [77,78]. However,
once again, we did not detect any differences in gene expression, further suggesting that intestinal
inflammation does not occur in larval zebrafish exposed to MP.

Despite the apparent lack of inflammation, we suspected that MP in the gut could lead to increased
oxidative stress resulting from physical abrasion of enterocytes. Therefore, we examined the transcript
accumulation of two intestinal antioxidants found in the intestine of larval zebrafish: liver fatty-acid
binding protein (L-FABP) and superoxide dismutase 1 (SOD1). L-FABP mitigates hepatic and intestinal
ROS production by binding to fatty acid metabolites and heme ligands [79]. Similarly, SOD1 limits ROS
using zinc and copper ions, producing non-reactive hydrogen and oxygen atoms [80]. We observed an
increase in L-FABP expression during the MP 9–15 dpf time period; however, there was no observable
difference in SOD1 expression, possibly due to the wide expression of SOD1 in contrast to a more
tissue-specific expression of L-FABP. Together, as previously suggested, our results suggest that MP
exposure promotes increased ROS in the zebrafish gut [16,28,81].

Microbiome

The gut of the zebrafish is quickly colonized by microorganisms during the early phases of larval
development following the completion of the intestinal tract, resulting in a microbial community
known as the “microbiome”. The microbiome is primarily colonized by bacteria that originate from
the chorion of the larvae and the surrounding environment during the initial feeding event [82].
Consequently, variability in environmental conditions has made it complex to assess the composition
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of a core intestinal microbiome in zebrafish, particularly when considering the rapid development
of these fish and the variability among fish facilities and strains [83,84]. With these aspects in mind,
we ensured that zebrafish larvae were treated equally during our two periods of MP exposure (5–9 dpf
and 5–15 dpf) to identify potential time-sensitive responses to polyethylene MP.

As the fish aged, the diversity of the microbiome was significantly reduced. Furthermore, trends of
dominant genera changed from 9 dpf to 15 dpf in both the absence and presence of MP. In all fish,
dominant genera such as Variovorax increased with age, while others such as Rheinheimera disappeared.
When comparing the endpoints of both treatments, we were able to identify a decrease in Aeromonas sp.
and an increase in Vibrio sp., a change which may be indicative of natural microbiome development [85].
Increased microbiome diversity is expected to occur at approximately 10 dpf as the zebrafish larvae
transition from larvae to juveniles, meaning that this period of development is naturally highly dynamic,
even in the absence of MP or other contaminants [84]. We were able to detect two distinct microbial
community profiles between half of our samples in each of the MP treatments, which suggests that our
time points represent this transitional state and may have increased the susceptibility to dysbiosis via
MP exposure.

Larval microbiota was overall more affected by MP at 9 dpf than 15 dpf, indicating that dysbiosis
in response to this pollutant may be time- or life stage-sensitive. In contrast to older phases of
development, larval zebrafish seem to experience greater gut microbial shifts due to environmental
factors [84,86,87]. However, at the phylum level, MP induced an increase in Bacteroidetes at both
life-stages and a decrease in Actinobacteria at 15 dpf, a combination that has been found in intestinal
inflammation pathologies [88]. Furthermore, some members of the sub-genera Bacteroids have also
had their presence associated with various human metabolic diseases such as obesity, autism, type II
diabetes, and colorectal cancer [34–36,89]. Therefore, although MP exposure only transiently affects
bacterial communities, these changes could negatively impact the health of the fish during these
transitional life stages.

Interestingly, 15 dpf MP larvae demonstrate concurrently a higher abundance of Bacteriodetes and
an increase in ROS, as evidenced by an increase in L-FABP expression compared to control fish at
15 dpf. While we can only speculate regarding the interaction between ROS production and increased
abundance of this bacterial phylum, it is possible that increased oxidative stress in MP fish promotes the
growth of these bacteria. Indeed, while cells of many micro and macro-organisms are typically affected
by ROS [68,90,91], some microbial species, including members of the Bacteriodetes, have effective
defense mechanisms against damaging oxidative stress, which may give them a selective advantage
over other micro-organisms [92–94]. Alternatively, it is possible that the proliferation of these bacteria
may be the underlying cause of oxidative stress. Regardless of the proximate causal agent, we confirm
that MP exposure is detrimental to larval zebrafish.

5. Conclusions

MP exposure is an environmental concern, as virtually every single ecosystem is plagued
with these stable microscopic particles. Here, we confirm that MP exposure negatively affects a
freshwater organism as it can result in microbial dysbiosis and increased oxidative stress in larval
zebrafish. These effects were asynchronous, with pronounced dysbiosis after only four days of
exposure and a subsequent increase in ROS after longer exposure. Furthermore, we were unable to
identify any determinants of metabolic distress or inflammation across three independent time points,
which suggests that, during early development, MP toxicity may be localized (guts) and does not occur
at the whole organism level. Our time course also suggests that the zebrafish gut is most susceptible to
MP-induced dysbiosis following the transition from the larval to juvenile state and that, by promoting
changes in the microbial communities, such as the proliferation of potentially pathogenic bacteria,
MP has the potential to negatively affect fish health at a particularly vulnerable phase of development.
Overall, our results corroborate the accumulating evidence that aquatic organisms are negatively
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affected by MP exposure, though the consequences at the tissue and whole organismal level remain
complex and should certainly remain an active area of research.

Supplementary Materials: The following are available online at http://www.mdpi.com/2305-6304/8/3/55/s1, file 1:
Differential microbial abundance after 4 and 10 days of MP exposure in larval zebrafish.
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Abstract: Much of the seafood that humans consume comes from estuaries and coastal areas where
microplastics (MPs) accumulate, due in part to continual input and degradation of plastic litter from
rivers and runoff. As filter feeders, oysters (Crassostrea virginica) are especially vulnerable to MP
pollution. In this study, we assessed MP pollution in water at oyster reefs along the Mississippi
Gulf Coast when: (1) historic flooding of the Mississippi River caused the Bonnet Carré Spillway to
remain open for a record period of time causing major freshwater intrusion to the area and deleterious
impacts on the species and (2) the spillway was closed, and normal salinity conditions resumed.
Microplastics (~25 μm–5 mm) were isolated using a single-pot method, preparing samples in the
same vessel (Mason jars) used for their collection right up until the MPs were transferred onto filters
for analyses. The MPs were quantified using Nile Red fluorescence detection and identified using
laser direct infrared (LDIR) analysis. Concentrations ranged from ~12 to 381 particles/L and tended
to decrease at sites impacted by major freshwater intrusion. With the spillway open, average MP
concentrations were positively correlated with salinity (r = 0.87, p = 0.05) for sites with three or more
samples examined. However, the dilution effect on MP abundances was temporary, and oyster yields
suffered from the extended periods of lower salinity. There were no significant changes in the relative
distribution of MPs during freshwater intrusions; most of the MPs (>50%) were in the lower size
fraction (~25–90 μm) and consisted mostly of fragments (~84%), followed by fibers (~11%) and beads
(~5%). The most prevalent plastic was polyester, followed by acrylates/polyurethanes, polyamide,
polypropylene, polyethylene, and polyacetal. Overall, this work provides much-needed empirical
data on the abundances, morphologies, and types of MPs that oysters are exposed to in the Mississippi
Sound, although how much of these MPs are ingested and their impacts on the organisms deserves
further scrutiny. This paper is believed to be the first major application of LDIR to the analysis of
MPs in natural waters.

Keywords: plastic pollution; oysters; Mississippi Sound; fluorescence microscopy; laser direct
infrared analysis; LDIR; bulk water sampling; Bonnet Carré Spillway

1. Introduction

The occurrence of microplastics (MPs) in the aquatic environment is well documented and is the
subject of increasing governmental and public attention [1–3]. Microplastics have been detected in
practically all water bodies that have been studied, including the Arctic Ocean and remote mountain
lakes [4,5]. Owing to their small size and pervasiveness in marine waters, MPs can pose a serious threat
to certain aquatic organisms, particularly filter-feeding organisms such as mollusks and oysters [2].
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Further, the majority of seafood comes from estuaries and coastal areas where MPs accumulate, due to
continual input and degradation of plastic litter from rivers and runoff [1].

Several studies have shown that MPs can interfere with nutritional uptake, reproduction,
and offspring performance in oysters and mussels and influence larval fish ecology [6–9], but another
study has shown that while MPs are readily ingested by oyster larvae, exposure to plastic concentrations
exceeding those observed in the environment resulted in no measurable effects on the development or
feeding capacity of the larvae over the duration of the study [10]. In any case, MPs are largely regarded
not only as an emerging threat to these susceptible species, but also as an additional stressor to marine
ecosystems as a whole [11]. Oyster populations have declined due to a variety of converging factors
including oil spills, anoxic and freshwater influx events, disease, invasive species, and overfishing,
which have culminated in the loss of ~85% of oyster reefs globally and in the functional extinction of
oyster populations in areas where oysters once flourished [12]. Given the precarious state of oyster
populations, toxicological studies on the effects MPs have on oysters desperately need field studies to
provide critical information on the quantity, sizes, and types of MPs found at oyster reefs. However,
such empirical data are generally lacking.

There are a few papers on MPs in oysters and at oyster reefs. Li et al. [13] examined MPs in oysters
along the Pearl River Estuary in China, finding 1.5 to 7.2 items per gram of tissue (wet weight), which
was positively correlated with concentrations in the surrounding water. Keisling et al. [14] found an
average of 0.72 MPs per individual oyster (0.18 particles/g). Rochman et al. [15] found plastic debris
and fibers > 500 μm in size in 33% of oysters sold for human consumption. Most such studies rely on
visual inspection, and undoubtedly many smaller particles go undetected. Thus, MPs are a potential
and poorly understood threat to oyster populations and nearby human communities, like those along
the Gulf Coast, where oyster farming is a vital part of the economy. Moreover, the levels of MPs in the
northern Gulf of Mexico (nGoM) are among the highest reported globally, both on beaches [16] and in
the water, where recent surveys along the Louisiana coast measured as much as 150,000 MPs/m3 [17].

We previously reported on MP pollution in the Mississippi River basin using a novel single-pot
method for sample preparation and Nile Red fluorescence for detection and quantitation [18]. Here,
we use the same approach to, for the first time, quantify the abundances and morphology of MPs in
water at four different oyster reefs and six other sites in the Mississippi Sound located in the nGoM.
We also used LDIR analysis to identify the major types of plastics in a subset of the samples. LDIR uses
the long-established infrared spectroscopic technique that has been updated and automated in the
Agilent’s 8700 system. To the best of our knowledge, this is the first major application of LDIR analyses
for the determination, characterization, and identification of MPs in natural waters. Grab samples
were collected seasonally for a year, with spring and summer samples taken when historic flooding of
the Mississippi River resulted in major freshwater influxes into the western portion of the Mississippi
Sound that devastated oyster reefs and with fall and winter samples collected under more normal
salinity conditions. Thus, this work also represents a side-by-side comparison of MPs in the Mississippi
Sound during a period of intense freshwater intrusion and during more stable salinity conditions.

2. Materials and Methods

2.1. Study Site

The Mississippi Sound is a 145 km sound located along the coasts of Mississippi and Alabama
in the northern Gulf of Mexico. It has significant commercial and ecological importance for the area
and is known for the harvesting of shellfish. However, oyster populations, particularly in the western
portion of the sound, have been curtailed in recent years due to pollution (e.g., oil spills) and weather
events, including hurricanes and flooding. In this study, we collected water samples from 10 sites, 4 of
which were directly above oyster reefs, with the remainder spread throughout the Mississippi Sound
(Figure 1). Specific sampling locations (GPS coordinates) and certain water quality measurements are
provided in Table 1. Samples were collected in the spring and summer of 2019 during a period of
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major (historic) flooding along the Mississippi River, as well as in September 2019 and January and
February 2020 during more normal salinity conditions (post-flood). During periods of flooding along
the lower Mississippi River, its waters are diverted through the Bonnet Carré Spillway, preventing
flooding downstream in the city of New Orleans. These floodwaters spill into Lake Ponchartrain, then
Lake Borgne, and from there enter the western end of the Mississippi Sound.

 

Figure 1. Map showing the sampling locations (circles) in the Mississippi Sound with direction of
freshwater inflows from the Bonnet Carré Spillway and the Pearl River (red arrows). Sample site
numbers increase from west to east. Sampling sites 2, 4, 6, and 8 (red stars) were at oyster reefs. Red
circles represent sites where samples were collected by the Mississippi Department of Environmental
Quality, and blue circles sites where samples were collected by the University of Mississippi. Site 10 is
off the map, about 40 km to the east in Alabama waters. The inset shows the general study location
within the USA.

Table 1. Geographic coordinates for sites where water was collected along the Mississippi Gulf Coast
for microplastic analyses. Sites are listed west to east, with site numbers depicted in Figure 1.

Site # Site Name Reef Site
GPS Coordinates

Depth (m)
Sampling Dates

Lat. Lon. Open Spillway Closed Spillway

1 St. Joe’s Pass No 30.1068 −89.5528 3.7 July (2019) January (2020)
2 Waveland Reef Yes 30.2730 −89.3702 2.6 April (2019) September (2019)
3 Bay St. Louis No 30.3510 −89.3547 1.3 April (2019) September (2019)
4 St. Stanislaus Reef Yes 30.3023 −89.3272 1.9 April (2019) September (2019)
5 TNC Bay St Louis No 30.3451 −89.2949 1.5 April (2019) September (2019)
6 Henderson Pt. Yes 30.2926 −89.2711 3.0 April (2019) September (2019)
7 Pass Christian No 30.2850 −89.2371 3.8 July (2019) January (2020)
8 Kittiwake Reef Yes 30.3324 −89.1652 2.3 April (2019) September (2019)
9 Biloxi Bay No 30.3753 −88.8306 1.4 July (2019) January (2020)
10 Middle Bay No 30.3749 −88.3992 1.2 July (2019) January (2020)

2.2. Sampling the Waters of the Mississippi Sound

In four separate sampling campaigns, we obtained bulk water (grab) samples from the Mississippi
Sound during periods when the Bonnet Carré Spillway was open and dumping freshwater into the
Sound and when it had been closed. Our research group at the University of Mississippi (UM) collected
samples during April (open spillway) and September (closed spillway) 2019 from sites 2, 3, 4, 5, 6, 8,
and the Mississippi Department of Environmental Quality (MDEQ) obtained samples in July 2019
(open spillway) and January 2020 (closed spillway) from sites 1, 7, 9, and 10 (Figure 1 and Table 1).
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Grab samples were collected just below the surface into glass Mason (canning) jars (946 mL) and tightly
capped using metal lids. MDEQ also collected samples <1 m above the bottom using a 4 L Van Dorn
sampler, transferring the water to Mason jars (946 mL) immediately after collection. The samples were
placed in coolers and shipped to the laboratory at UM for processing. Mason jars are available from
many grocery or hardware stores. We used jars that have a 946 mL capacity, but slightly larger (1 L)
jars are readily available outside of the USA. Hereafter, we report abundances of MPs/L, adjusting for
differences in volume.

2.3. Sample Preparation Using the Single-Pot Method

Samples were processed at our UM microplastics-dedicated laboratory in the same jar they were
collected in, using our “single-pot” method described elsewhere [18]. Briefly, the solid canning jar lids
were replaced with lids that had a 57 mm diameter opening cut into them, and between that and the
jar was placed a round 84 mm-diameter 200 × 600 mesh (~25 um) screen of Monel, a rust-resistant,
nickel–copper alloy (Unique Wire Weaving Co. Inc. Hillside, NJ, USA). The jars were inverted, and a
stream of air was applied to break the surface tension and force the water to pass through the screen.
The screen was then removed and carefully rinsed back into the Mason jar with ultrapure water
(purified and filtered (0.2 μm); Milli-Q, Millipore, Burlington, MA, USA). The volume of water used for
rinsing was kept low (<~100 mL) to avoid diluting the reactants in the next step, but sufficient to fully
rinse the mesh. We used 20 mL of 30% H2O2 and 20 mL of 0.05 M Fe(II) solution (Fenton’s reagent) to
remove natural organic debris in the samples; the method has shown to be an effective pre-treatment
for micro-spectroscopic imaging and it avoids acids and prolonged high temperatures known to
damage MPs [19–22]. The solution was vacuum-filtered onto a 10 μm-pore size, 25 mm polycarbonate
track-etched filter (Sterlitech Corp., Kent, WA, USA). Method blanks, consisting of ultra-pure H2O,
were prepared alongside each batch of samples and were subjected to the full sample preparation
scheme (filtering, digestion, and staining).

2.4. Enumeration of Microplastics Using Fluorescence Microscopy

We used Nile red dye fluorochrome and fluorescence microscopy to detect and characterize
the size distribution and morphology of the MPs as detailed elsewhere [18,21]. Briefly, a few drops
of Nile red dye (10 μg/mL in methanol) were placed onto the filters with MPs. The samples were
allowed to dry for ~20 min in a clean laminar flow hood. The filters were transferred onto microscope
slides, and a coverslip was taped above them to prevent particles from shifting when the slides were
handled. The samples were analyzed within a day of staining using a Nikon Ti2 Eclipse Fluorescence
Microscope. To detect and count putative MPs, we followed a procedure (delineated elsewhere [18])
which took <30 min for each sample. To summarize, the microscopy consisted of imaging the entire
filter and counting fluorescing objects lacking biological features such as cellular structure or striations.
The dimensions of the objects were determined using built-in measurement tools in the NIS-Elements
application (Nikon Instruments Inc., Melville, NY, USA) used to collect the fluorescence microscopy
images. The software gives automated measurement of the dimensions of all counted objects, including
diameter, length, width, perimeter, area, and circularity. These measurements were used to sort the
objects into one of three categories, i.e., fragments, fibers, or beads. Objects with a length-to-width
ratio of 3 or greater were defined as fibers, while objects with 0.90 or greater circularity were defined as
beads, and all else were categorized as fragments. Method blanks, which rarely exceeded 1/4 of sample
counts, were subtracted from the sample results such that data reported herein are blank-subtracted.

2.5. Laser Direct Infrared (LDIR) Analysis of Microplastics

To identify the major types and size fraction of plastics in a subset of seawater samples, we used
the Agilent 8700 LDIR analyzer at Agilent Technologies Application Laboratory in Wood Dale, IL, USA.
Because this is the first major application of LDIR for microplastics in natural waters, we will briefly
introduce the technique before discussing our specific analytical method.
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At its core, the 8700 LDIR is simply an infrared imaging microscope. The key novel aspect is the
light source, a proprietary Quantum Cascade Laser (QCL). The QCL is a semi-conductor-based laser
in which electrons tunnel through a series of quantum wells and emit light. In a diode-based laser,
electron–hole recombination across semiconductor bandgap emits photons. The photon wavelength is
set by the chemistry of the materials used. In a QCL, electrons cascade (tunnel) through a series of
quantum wells formed by thin layers of semiconductor material. Photon wavelength is not determined
by the semiconductor materials but rather by the thickness and distribution of the semiconductor
layers [23]. Thus, a QCL can be rapidly tuned through a wavelength range. In some ways, it can
be compared to a monochromator approach, since individual wavelengths are used at each time;
however, the QCL operates at speeds and wavelength accuracy orders of magnitude better than the
older approaches.

The LDIR analyzer used in this study combines the QCL with a single-point mercury cadmium
telluride (MCT) detector (thermometrically cooled) and rapid scanning optics, allowing two useful
modes of action. In the first, the LDIR parks the frequency at a single wavelength and scans through
the objective as it moves over the sample. At each point (pixel), the information is acquired in as
little as 40 μs, allowing fast scanning of large areas, significantly faster than traditional with FTIR
spectroscopes. In the second mode, the objective is parked at a single point, while the QCL sweeps
through the frequency range. A full spectrum is obtained in <1 s.

The microplastics analysis presented herein utilized both modes. First, the objective rapidly
scanned the sample area at the parked frequency. The analysis area varied depending on how the
sample was deposited on the slide, but was typically ~500 mm2 (range ~145 mm2 to ~1100 mm2).
In any case, the sweep locates particles in the analysis area and obtains information that can be used
to describe the size and shape of the particles. Image analysis then rapidly defines the particles and
describes their major axis size, area, and shape. Once located, the LDIR then rapidly and automatically
moves around the analysis area of each particle and, using the parked objective/frequency sweep
mode, obtains a full spectrum in the mid-IR range (1800 cm−1 to 975 cm−1), conducts a library search,
and provides a match. The library used in this study was created from data derived from external
sources to include plastics of many different kinds. The library features were created from a database
published earlier [24]. For the smallest particles (<30 μm), the system may determine a need to
automatically refocus to obtain an optimum spectrum. In this case, the per particle analysis time may
be up to 8 s.

For LDIR analysis, we prepared seawater samples as described before (see Sample preparation
using the single-pot method), except we did the final filtering using a wire mesh screen with ~25 μm
openings. The screen was then submerged in 50% ethanol in a glass vial and subjected to ultrasonication
for ~2 min. The screen was then removed with forceps, and the vial was sealed and shipped overnight
to Agilent. There, the samples were deposited on MirrIR low-e Kevley microscope slides. The solvent
was allowed to evaporate, leaving behind the MPs adhering to the slide.

The LDIR analyzer was run in trans-reflectance mode, where the system directs IR laser light
through the sample (particle), and the light was then reflected back off the reflective slide through
the particle as it exited. As noted, the analyzer first scans the slide to locate each particle using IR
light at 1800 cm−1, a frequency at which little or no absorption occurs, but the light is scattered when
encountering a particle. The system utilizes image analysis techniques to determine the boundary
of the particle and hence the dimensions. In addition, a full spectrum of each particle covering the
range of the instrument is collected and compared to the spectral library in real time. The particle
is identified based on this comparison to a spectral database built into the software. Validation of
this method was achieved through the use of a blind sample consisting of a blank spiked with MPs
composed of polyethylene, polyamide (nylon), polypropylene, and polystyrene, and each of these
types of MPs were identified in the analyses. All data analysis and processing were done in real time
using the Agilent Clarity Software.
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3. Results and Discussion

We found no significant difference (t-test, α = 0.05, unequal variances) between the samples
collected just below the surface (n = 48) and those collected near the bottom (n = 28) during the same
sampling event and across all sampling sites. The lack of difference by depth is not surprising, given
the shallow waters (often <3 m deep) and mixing by wave action. Hereafter, we will not distinguish
samples by depth.

3.1. Spatial and Temporal Trends of MPs in the Mississippi Sound

Microplastic concentrations from all sites and sampling campaigns are summarized in Table 2.
The average concentrations ranged from 30 to 192 particles/L across the sites, with concentrations
of individual samples ranging from 12 to 381 particles/L. It is not unusual to observe such a wide
range of MP concentrations, especially when counting particles as low as 30 μm in bulk water grab
samples. Indeed, the sampling method will affect the counts and distribution of the MPs measured [25].
For example, nets are typically used in investigating large areas, with results being reported in
particles/m3, whereas bulk water sampling, done here, can provide a snapshot at a given site and is
generally reported in particles/L. A major drawback to sampling with a net is that it fails to capture
particles smaller than the mesh opening (typically 333 μm), and these smaller particles tend to be the
most abundant [26]. Conversely, the probability of capturing larger particles in grab samples is lower
compared to trawling with a net.

Table 2. Concentrations of microplastics (MPs, >~25 μm–5 mm) along the Mississippi Gulf Coast
during freshwater inflows in the summer and fall of 2019 and winter of 2020 a.

Site # Location/Name
Open Spillway Closed Spillway

n Mean (Range)
(MPs/L)

SD Salinity (ppth) b n Mean (Range)
(MPs/L)

SD Salinity (ppth) b

1 St. Joe’s Pass 2 196 (12–381) NA 0.39 1 309 NA NA
2 Waveland Reef 5 73 (55–153) 50 0.32 2 174 (39–309) NA 16.4
3 Bay St. Louis 4 49 (18–80) 25 0.67 3 50 (0–116) 60 NA
4 St. Stanislaus Reef 4 36 (18–65) 20 0.40 5 121 (34–99) 76 16.8
5 TNC Bay St. Louis 2 69 (38–100) NA 0.54 3 39 (15–73) 30 15.3
6 Henderson Pt. Reef 3 30 (20–50) 17 3.14 5 139 (20–198) 76 17.2
7 Pass Christian 12 178 (55–328) 223 8.1 3 176 (124–202) 44 4.7
8 Kittiwake Reef 4 121 (22–196) 82 4.21 - NA NA 18.9
9 Biloxi Bay 8 179 (64–278) 82 13.5 3 94 (55–116) 34 9.3
10 Middle Bay 6 192 (39–326) 107 19 3 141 (41–263) 112 17
a Data are blank-subtracted; NA = not available. b ppth = part per thousand; oysters require at least 8 ppth salinity
to grow (Virginia Dept. of Environmental Quality).

Using the average concentration of MPs determined throughout the study (129 ± 93 MPs/L) and
the average volume of water that an adult oyster filters daily (~189 L) [27], we estimated oysters may
be exposed to nearly 24,000 MPs daily (range ~5600 to ~36,000). We stress that this is only an estimate
and that MP concentrations and filtering rates will vary depending on site-specific conditions, oyster
species, and other factors. Moreover, whether the MPs are actually entrained in oyster tissues likely
depends on their size and morphologies and whether they are ingested or just make contact with
the tissues (see microplastic morphologies below). Recent studies on oyster ingestion of MPs have
shown that oysters are ingesting and retaining between 0.6 and 16.5 MPs per individual [14,15,28–31].
These studies also show that oysters nearer urban centers often contained higher concentrations of
MPs. Given the prevalence of commercial fishing, oil drilling, and shipping ports in the nGoM, oysters
along the Gulf Coast could be accumulating a considerable amount of MPs.

Despite the inherent variability in MP concentrations, we observed a moderately positive
correlation (r = 0.62) between the average MP concentration and salinity at each site (salinity being
used as a proxy for lack of freshwater intrusion) when the spillway was open. The correlation (r-value)
improved to 0.87 after removing data from sites that had only two data points (sites 1 and 5) (Figure 2).
There was no such trend when the spillway was closed, suggesting a link between freshwater inflows
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and MP concentrations, essentially a dilution effect during high river discharges. Indeed, for the
majority of the sites, MP concentrations were higher when the spillway was closed (Table 2). Further,
the MP concentrations in the seawater were typically higher than what we observed for the Mississippi
River and its tributaries [18]. We conclude that seawater along the Mississippi Gulf Coast has higher
MP abundances (when including MPs sizes down to ~30 μm) than the river supplying new loads of
MPs to the coastal area. This finding that the estuaries have higher concentrations of MPs than their
riverine inputs has been observed elsewhere [27]. This is not surprising, as the river is continually
flushed of plastics, the estuary serves as a sink for these plastics, and with time the plastics mechanically
and photolytically degrade to smaller and smaller particles.

  

Figure 2. Salinity versus microplastic abundances in the water from sites across the Mississippi (MS)
Sound, showing a moderate correlation during freshwater intrusion from flooding (spillway open).
All sites were from open water areas in the Gulf, except for Bay St. Louis. Data are means of three or
more measurements. ppth = parts per thousand.

Because a high degree of spatial variability is common in MP studies [32,33], especially when
counting smaller size fractions like in this study, it can be difficult to observe trends, particularly where
there are no major point sources. Here, except for during intense freshwater inputs in the western
portion of the Sound during the spring and summer, MP concentrations did not show any distinct
trend in open water areas based on longitude. However, sites 3 and 5, both located inside Bay St. Louis,
tended to have lower concentrations compared to adjacent open waters of the Sound. For example,
when the spillway was closed (i.e., “normal” conditions) the average concentration inside the Bay
was 54 ± 18 MPs/L (n = 5; ±1 SE), while just outside the Bay, the levels were 145 ± 18 MPs/L (n = 13;
±1 SE) (see also Table 2). The reason for this is unclear and requires further study, but the circulation,
mixing, and flow inside Bay St. Louis are certainly different than those of the other coastal open water
sites. Additionally, the bay has its own freshwater input coming from the Wolf River, which could
further contribute to the lower concentrations observed. Interestingly, the size distributions of MPs in
the samples were generally similar between periods when the spillway was open and when it was
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closed, with the smallest size fraction, 20–90 μm, being the most common and comprising ~70% of the
counted particles.

3.2. Microplastic Morphologies

The microplastic morphologies determined by fluorescence microscopy were generally consistent
from site to site (Figure 3). The morphologies were similarly distributed whether the water was
gathered in Bay St. Louis or at a reef in the Mississippi Sound. Fragments made up the majority of
MPs counted (77–88%), followed by fibers (7–15%), and beads (1–8%). This contrasts with studies that
have predominantly found anthropogenic fibers in oyster tissue [14,15,31]. However, most of these
studies employed optical microscopy for detection instead of fluorescence microscopy, targeting larger
microplastics. A study that used μFT-IR analyses for MP contamination in bivalves found that most of
the MPs were indeed fragments [34]. However, it is also possible that fibers may be disproportionally
retained because of their shape. Regardless, the connection between levels of MP pollution at reefs
and concentrations of MPs ingested by oysters may not exhibit a linear relationship and requires
further scrutiny.

 

Figure 3. Morphologies of microplastics in water from select sites in the Mississippi Sound. Site
number information is given in Table 1.

3.3. Identification and Quantification of Microplastics Using LDIR

LDIR analysis was applied to identify putative MPs for a selection of samples from sites 1,
7, 9, and 10 (see Figure 1 for locations and Table 3 for LDIR results). The most identified plastic
throughout the samples was polyester, followed by acrylates/polyurethanes, and polyamide. Other
plastics identified were polypropylene, polyethylene, polyacetal, and polytetrafluoroethylene (PTFE).
Whereas polyesters and polyamides are typically used in synthetic fibers, all of the identified plastics
are commonly encountered in similar studies [1,2,27,35].

Table 3. Identification of microplastics in a subset of samples from the Mississippi Sound by LDIR.

Location
(Site # in Figure 1)

Spillway MP Counts
Most Abundant Plastics Identified (% of Total)

Poly-Ester Acrylates/PU Poly-Amide PP PE PA PTFE

St. Joe’s Pass (1) closed 1154 44.3 17.2 10.1 9.0 2.5 7.7 2.3
Pass Christian (7) open 1061 20.4 42.3 14.4 7.8 5.2 0.9 0.8

Biloxi Bay (9) closed 383 76.2 10.3 1.9 0.9 0.7 5.3 2.8
Middle Bay (10) open 181 31.7 14.5 7.9 8.4 2.2 24.2 3.5
Middle Bay (10) closed 76 36.1 30.3 6.6 1.6 5.7 3.3 6.6

PU = polyurethanes; PP = polypropylene; PE = polyethylene; PA = polyacetal; PTFE = polytetrafluoroethylene.
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LDIR data was also used to quantify the abundance of MPs (see MP counts in Table 3, third
column) and their size distribution in the same analytical run (Figure 4). The LDIR data followed the
previously discussed trend, with lower numbers of particles in the water when the spillway was open
compared to when it was closed. The data also showed a general increase in the overall number of MPs
at sites further to the west nearer the mouth of the Mississippi River, a major source of plastic pollution
(Table 3). However, given the limited number of samples that were analyzed by LDIR, we hesitate to
make a detailed comparison with fluorescence microscopy. Nevertheless, it is worth noting that, while
the absolute numbers of particles detected by the two techniques were in the same magnitude (usually
between a hundred and a thousand particles), LDIR tended to detect more particles. It should be
emphasized that, unlike fluorescence microscopy that involves non-targeted staining of particles and
assumes fluorescing particles are plastic, LDIR produces spectra of individual particles, confirming
their identity. Moreover, regardless of the technique used to identify particles, some particles remain
unidentified; these could be mixtures of polymers or polymers with adhering particles or biofilms,
which complicate the spectra and decrease the probability of a library match. Thus, the fluorescence
counts reported herein can be considered conservative.

 

Figure 4. Particle size distribution of microplastics from 1 L of seawater collected in the Mississippi
Sound and determined by Laser Direct Infrared (LDIR, left) and fluorescence microscopy (right).
Note the different scale for MP counts for spillway open (top, indicating freshwater intrusion) and
spillway closed (bottom, representing normal salinity conditions).

Overall, we show that the Agilent’s LDIR analyzer is a powerful new automated analytical tool
to rapidly detect and characterize MP pollution. A detailed comparison between LDIR and other
chemical imaging techniques used for microplastic analyses will be the subject of a future report.
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Abstract: Microplastics (MPs) are emerging pollutants, which are considered ubiquitous in aquatic
ecosystems. The effects of MPs on aquatic biota are still poorly understood, and consequently,
there is a need to understand the impacts that MPs may pose to organisms. In the present study,
Tubifex tubifex, a freshwater oligochaete commonly used as a bioindicator of the aquatic environment,
was exposed to fluorescent polyethylene microspheres (up to 10 μm in size) to test whether the
oxidative stress status was affected. The mortality rate of T. tubifex, as well as the activities of the
oxidative stress status biomarker enzymes glutathione reductase and peroxidase, were assessed.
In terms of oxidative stress, no significant differences between the exposure organisms and the
corresponding controls were detected. Even though the data suggest that polyethylene MPs and the
selected concentrations did not pose a critical risk to T. tubifex, the previously reported tolerance of T.
tubifex to environmental pollution should be taken into account and thus MPs as aquatic pollutants
could still represent a threat to more sensitive oligochetes.

Keywords: microplastic; polyethylene; Tubifex tubifex; aquatic oligochetes; mortality; oxidative stress;
glutathione reductase; peroxidase; microplastic exposure; freshwater environments

1. Introduction

Plastic pollution is one of the primary environmental concerns we are facing today [1]. Microplastics
(MPs), typically referred to as pieces smaller than 5 mm in any dimension [2], have been found on
beaches, in oceans, seas, rivers, and lakes [2–8]. One of the biggest concerns regarding MP pollution is
that marine and freshwater biota can mistake MP particles for food. MPs can be ingested by benthic
and pelagic organisms belonging to different trophic levels [9], including mussels [10], lugworms [11],
amphipods [12], zooplankton [13], and fish [14]. Some studies showed that with ingestion possible
internal damages and blockages [9,15] may occur. Ingested MPs can act as vectors for transferring
chemicals, additives, and other persistent organic compounds (such as Polybrominated diphenyl ethers
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(PBDEs) and Polychlorinated biphenyls (PCBs)) adsorbed from surrounding waters to biota [16–19].
However, the effects of MPs on exposed biota have not been extensively investigated, and the
physiological effects remain poorly understood. Thus, there is a current need to gather data to deepen
our understanding of their impacts. A few studies have demonstrated that MPs could induce oxidative
stress in the organisms able to ingest them [20,21]. Browne et al. [11] studied the effect of MPs on
the oxidative status of lugworms (Arenicola marina) demonstrating that animals exposed to polyvinyl
chloride (PVC) microparticles were more susceptible to oxidative damage by up to 30%. Jeong et al. [20]
showed that in response to microplastic-induced reactive oxygen species (ROS), antioxidant enzymes
such as glutathione reductase (GR), glutathione peroxidase (GPx), glutathione-S-transferase (GST),
and superoxide dismutase (SOD) were activated in the monogonont rotifer (Brachionus koreanus). The
authors exposed the monogonont rotifer to three different polystyrene MP sizes (0.05, 0.5, and 6 μm)
and observed that the toxicity was size-dependent, and the smaller the particles, the more toxic. More
recently, Lu et al. [21] showed that the freshwater fish Danio rerio (zebrafish) exhibited a higher oxidative
stress status after seven days of exposure to polystyrene MP, revealed by increased SOD and catalase
(CAT) activities. Deng et al. [22] tested the effect of fluorescent polystyrene MP in mice, revealing
increased activities for SOD and GPx and decreased CAT activity, signifying the potential health risk
MPs represent to biota. Nevertheless, only a few of these studies report on the physiological effects of
MP exposure in biota from aquatic environments, where MP abundance is most often reported [3–8].

The present study, therefore, investigated the toxic effects of MPs in Tubifex tubifex, which inhabits
sediments of lakes and rivers. T. tubifex (also referred to as sludge or sewerage worm) lives in the
uppermost sediment layers of these freshwater systems usually feeding in the sediment fraction smaller
than 63 μm [23]. T. tubifex plays a key role in the decomposition of organic matter and bioturbation [24],
dwelling in the sediment with the anterior part and keeping the tail outside, undulating it in the water
to enable cutaneous respiration [6]. It is considered to be a model organism to perform sediment
toxicity experiments [25,26] due to its high pollution tolerance [27] and is thus often one of the last
species to disappear from a polluted habitat [24,28]. Tubifex worms are known to accumulate heavy
metals [29–31] and organic pollutants [32] and are able to ingest MPs under natural conditions [33].

We, therefore, selected T. tubifex as a test subject to investigate the possible effects of MP pollution
it may be exposed to in its environment. The aim of the present study was to understand whether
exposure to MPs could affect the oxidative stress status of T. tubifex. Tubifex worms were exposed to
fluorescent polyethylene (PE) MP particles (10 μm diameter) to evaluate the survival of the worms and
the potential oxidative stress induced by MPs. PE was chosen because it is one of the most abundant
polymers identified among samples collected from aqueous environments [7]. The size was selected
within the size range of particles the worms could consume.

The enzyme activity of the oxidative stress biomarker enzymes GR and peroxidase (POD) were
measured to check for alterations. Both enzymes, GR and POD, are known to be able to counteract
the damages caused by ROS species to cells [34–37] and are thus induced in response to an increased
oxidative stress status. GR plays a vital role in the antioxidant system [37,38], acting as a reductant in
oxidation-reduction processes catalyzing the reduction of glutathione disulfide (GSSG) to glutathione
(GSH) using NADPH as a cofactor. POD is known for playing a pivotal role in preventing H2O2

causing damage to DNA, proteins, and cell membranes [34,37] and has often been used in monitoring
stress induced by contaminants [35,36].

2. Materials and Methods

T. tubifex was cultured in 1 L beakers in a synthetic medium at a constant temperature of 20 ± 1 ◦C
and low light (18 μmol photons/m2s) with a photoperiod of 16 h light to 8 h dark (permanent continuous
culture at the University of Helsinki) for several weeks before experimentation. The synthetic medium
(artificial freshwater) was exchanged every three to five days, and it consisted of de-ionized water,
CaCl2 [240 μg/L], KCl [6 μg/L], MgSO4.7H2O [123 μg/L], and NaHCO3 [55 μg/L]. The T. tubifex worms
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were fed with dry fish food (Sera, Mikropan, analytical constituents: crude protein 47.6%, crude fat
8.7%, crude fiber 3.3%, moisture 6.0%, crude ash 11.6%) daily.

2.1. Exposure to Microplastics

To establish the mortality of the worms in response to MP exposure, the T. tubifex worms were
exposed to polyethylene MP particles (up to 10 μm in diameter) in four treatments; i.e., (1) T. tubifex in
artificial freshwater containing 2 g/L MP (w/v) without sediment, (2) T. tubifex in artificial freshwater
and sediment with the sediment containing 2 mg/g MP (w/w), (3) T. tubifex in artificial freshwater
and sediment with the media spiked with 2 g/L MP (w/v), and (4) T. tubifex in artificial freshwater
and sediment with both the media (2 g/L w/v MP) and the sediment (2 mg/g w/w MP) containing MP.
The surviving worms were counted after 24 h, 48 h, and 120 h. For each experiment (mortality and
enzyme assays, for all treatments), negative controls without MPs were conducted in replicates of five
in parallel.

In order to examine the effects on the oxidative stress status, T. tubifex worms in sediment and
artificial freshwater were exposed to the polyethylene MP particles (up to 10 μm in diameter) for 24 h
in two different scenarios, i.e., MP-contaminated soil (2 mg/g w/w MP) vs. MP-contaminated media
(2 g/L w/v MP). After 24 h, the treated and control worms were removed from the glass beakers and
washed three times each with artificial freshwater, and the surviving worms counted.

In each experimental setup, five replicates of six adult T. tubifex worms per replicate were used.
Each independent replicate was set up in a glass beaker containing either contaminated non-sterile
sediments from Vesijärvi Lake (Lahti, Finland) or contaminated artificial freshwater or both as
specified above.

2.2. Oxidative Stress Status: Enzyme Assays

After rinsing the worms with artificial freshwater, the enzymes were extracted using a shortened
protocol modified from Pflugmacher [39]. T. tubifex worms were homogenized in 20 mM sodium
phosphate buffer (pH 7.0) and stirred for 20 min followed by centrifugation at 9.000× g for 20 min. The
supernatant (S-9 fraction) was collected and the enzyme activities were assayed immediately.

The activity of peroxidase (POD, EC 1.11.1.7) was analyzed spectrophotometrically using
guaiacol as substrate [40], which is oxidized in the presence of hydrogen peroxide (H2O2) to
octahydrotetraguaiacol. Changes in color as absorbance were measured at 436 nm over 3 min
at 30 ◦C.

Glutathione reductase (GR, EC 1.8.1.7) activity was analyzed according to Schaedle and
Bassham [41] following the glutathione disulfide-dependent NADPH oxidation at 340 nm for 3 min.

Each spectrophotometric enzyme assay was performed in triplicate per independent replicate (15
readings) using an Infinite 200 Pro plate reader (Tecan). The enzyme activity was normalized against
protein content, which was determined according to Bradford [42]. Enzymatic activities are reported
in nkat/mg protein, where 1 kat is the conversion rate of 1 mol of substrate per sec.

During all steps of the laboratory work, the possibility of self-contamination was taken into
consideration and therefore fleece clothing or other personal items which could serve as a source of
MP contamination were avoided [43].

2.3. Data Analysis

Statistical analysis was performed using IBM SPSS Statistics version 25 (2017). All data were
checked for normality and homogeneity by Shapiro-Wilks and Levene’s test. A normal distribution of
the data was analyzed using one-way analysis of variance (ANOVA) followed by Tukey’s test. For
not normally distributed data, the Kruskal-Wallis test was employed to identify differences amongst
the treatments, followed by the Mann-Whitney test if necessary. To assess whether survival/mortality
changed with time, a repeated-measures ANOVA was performed. The results were considered
significant at an alpha value of 0.05. All values are reported as mean ± standard error.
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3. Results

3.1. Mortality

Contamination of the artificial water, sediment, or both water and sediment with MP (Figure 1)
did not significantly affect the survival of T. tubifex in comparison to controls with time (p > 0.05).
With contaminated artificial water and non-contaminated sediment, 95% ± 5% of the worms survived
and with both sediment and water contaminated 90% ± 10% survived after five days. For all other
treatments, 100% survived.

70

80

90

100

110

0 20 40 60 80 100 120

%
 S

ur
vi

va
l

Time (h)
L+MP (2 g/L) S+(L+MP 2 g/L)
L+(S+MP 2 mg/g) (S+MP 2 mg/g) + (L+MP 2 g/L)
Control

Figure 1. Tubifex tubifex mortality after exposure to microplastics (MPs) in media (L + MP (2 g/L))
only, in sediment and media with the media contaminated with MPs (S + (L +MP 2g/L), in sediment
and media with the sediment contaminated (L + (S + MP 2 mg/g)), and sediment and media both
contaminated with MPs ((S +MP 2 mg/g) + (L +MP 2 g/L)).

3.2. Oxidative Stress Status

Exposure of T. tubifex to fluorescence PE microspheres did not result in significant (p > 0.05)
changes in the GR activity in comparison to the controls (Figure 2a). The mean GR activities in the
worms with MP contaminated water (S + (L +MP)) and contaminated sediment (L + (S +MP)) were
0.005 ± 0.001 and 0.006 ± 0.001 nkat/mg protein, respectively, compared to the control GR activity of
0.005 ± 0.001 nkat/mg protein.
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Figure 2. Peroxidase (a) and glutathione reductase (b) activities in T. tubifex exposed to fluorescent
polyethylene (PE) microspheres through the media (S + (L +MP)) and the sediment (L + (S +MP).
Values are expressed as mean enzyme activity ± standard error (n = 5). * denotes significance compared
to the control (p < 0.05).
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Peroxidase activity with exposure of T. tubifex to fluorescence PE microspheres, as observed for
GR, did not result in significant (p > 0.05) changes in POD activity in comparison to controls (Figure 2b).
Mean POD activities with the water (S + (L + MP)) and sediment (L + (S + MP)) contaminated
respectively, were 0.120 ± 0.002 nkat/mg protein and 0.146 ± 0.002 nkat/mg protein, respectively, and
the control POD activity was 0.130 ± 0.003 nkat/mg protein.

4. Discussion

Oxidative stress has been investigated intensively in many organisms [44–46] and it has been
shown to cause damages to DNA, lipids, and proteins, potentially leading to an alteration in vital
functions [47–50]. However, studies regarding oxidative stress and the alterations in antioxidant
enzyme activities due to exposure to MPs are still limited [20,21].

In this study, T. tubifex was exposed to fluorescent PE microspheres to evaluate the potential
damages caused by MPs as percentage mortality or survival and on a physiological level as induced
oxidative stress. Mortality percentage did not show any difference between treatment and control
samples. These results are in accordance with Redondo-Hasselerharm et al. [51], where no effects on
the mortality rate of five freshwater benthic macroinvertebrates (including a Tubifex sp.) were found
after exposure to polystyrene MPs for 28 days.

No significant differences were evident in terms of GR activity of T. tubifex exposed to MP via
contaminated water and sediment. Similarly, POD activity did not differ significantly in comparison
to controls in both of the experiments. These data show that the selected MP concentrations are not
particularly critical for T. tubifex and they do not cause oxidative stress to the worms. Nevertheless, our
results do not imply that MPs are not representing a threat to the biodiversity of aquatic environments.
Contrary to our findings, Jeong at al., [20] and Lu et al., [21] showed that exposure to PS MPs caused
oxidative stress in the monogonont rotifer (Brachionus koreanus) and Zebrafish (Danio rerio), respectively.
However, we have to take into consideration the different targeted organisms and the type and size of
MPs used in the studies. Either the chosen test subjects may have been more susceptible than T. tubifex
to MPs exposure, or the selection of a different polymer could explain the discrepancy between the
results. Even though exposure to PE MPs seems not to increase the production of ROS in T. tubifex,
it does not mean that MP occurrence is not able to negatively affect freshwater environments. T. tubifex
is considered to be a pollution-tolerant species [24,28], and the effects of MPs could pose a major
risk to more sensitive organisms [11,20,21]. Furthermore, the concentration of MPs is expected to
increase worldwide [52] representing a possible threat to the biodiversity of marine and freshwater
environments. Further research is required to understand the effects in more sensitive organisms.
In this study, no estimate on how many PE MPs were ingested has been made; a follow-up study should
be performed repeating the tests changing the level of MP exposure and performing fluorescence
microscopy analyses to examine the MP ingestion rate.
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Abstract: Microplastics (MPs) of varying sizes are widespread pollutants in our environment.
The general opinion is that the smaller the size, the more dangerous the MPs are due to enhanced
uptake possibilities. It would be of considerably ecological significance to understand the response of
biota to microplastic contamination both physically and physiologically. Here, we report on an area
choice experiment (avoidance test) using Enchytraeus crypticus, in which we mixed different amounts
of high-density polyethylene microplastic particles into the soil. In all experimental scenarios, more
Enchytraeids moved to the unspiked sections or chose a lower MP-concentration. Worms in contact
with MP exhibited an enhanced oxidative stress status, measured as the induced activity of the
antioxidative enzymes catalase and glutathione S-transferase. As plastic polymers per se are nontoxic,
the exposure time employed was too short for chemicals to leach from the microplastic, and as
the microplastic particles used in these experiments were too large (4 mm) to be consumed by the
Enchytraeids, the likely cause for the avoidance and oxidative stress could be linked to altered
soil properties.

Keywords: microplastic; Enchytraeus crypticus; enchytraeids; avoidance test; toxicity; oxidative stress;
catalase; glutathione S-transferase

1. Introduction

The contamination of terrestrial ecosystems and aquatic water bodies with plastics debris has
become the so-called chemical footprint of our society. The European MSFD Working Group on Good
Environmental Status (WG-GES) classifies plastic pollution as macroplastics (>25 mm), mesoplastics (5 to
25 mm), large microplastics (1 to 5 mm), and small microplastics below the 1 mm size [1]. Nevertheless,
the particles do not remain static within these classification brackets, and due to weathering effects
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and mechanical actions, plastics will continue to degrade into microplastics (MPs) and further, as
degradation does not reach a static end-point [2]. The smaller the particles are, the higher the uptake
possibilities in organisms, plausibly even allowing the crossing of membranes [3].

Terrestrial ecosystems are on the forefront of MP contamination and are affected conceivably earlier
than aquatic ecosystems [4,5]. Our cultivation industry not only uses plastic in the fields, but sludge from
wastewater treatment plants that collect MP is used as fertilisers. Changes in soil structure and terrestrial
geochemistry (water holding capacity, hydraulic conductivity, soil aggregation, and microbial activity)
due to MP pollution have been demonstrated [4,5] which could, in turn, affect species distribution. This
creates a toxic environment for the resident biota, which most concerns worms, which are essential in
soil turnover and fertilisation. Other reported effects of MP in biota include internal damage due to
the consumption or leaching of the additives contained in the plastics [6,7]. Amongst these additives
are, e.g., bio-stabilisers, antimicrobials, antioxidants, antistatic agents, blowing agents, fillers/extenders,
flame-retardants, fragrances, heat stabilisers, light stabilisers, pigments, and process aids [7]. The
leached additives can accumulate in the soil, water, sediment, food, or even body tissues [8]. This could
result in an ecosystem that causes severe adverse effects in the native biota. It would be of ecological
importance, therefore, to understand if MP pollution could have an influence on the distribution of biota
in an ecosystem, as this will contribute to the environmental crisis of decreasing biodiversity. If worm
populations would avoid contaminated soils, this, in turn, would affect and alter the soil structure.
Therefore, we investigated whether the distribution of biota could be affected by MP pollution in causing
mortality or by migration. We selected the oligochaete Enchytraeus crypticus as a model organism, due to
its abundance in soils globally, and as a likely candidate to be affected by the ubiquitous MP pollution.
Enchytraeids are often used as model indicator organisms [9] for various kinds of chemical stressors
in terrestrial ecosystems such as lindane, heavy metals, or phenmediphan [10–12]. The oligochaete
E. crypticus was previously used to estimate the role of pH and PCB No 52 (2,2′,5,5′-Tetrachlorobiphenyl)
as well as the effect of soil from former irrigation fields [13,14].

In the present study, mortality tests (using 0%, 2%, 4%, and 8% MP (w/w)) and avoidance tests
(area choice test) were set up. For the avoidance tests, in each case, two choices of either soil void of MP
or spiked with 2%, 4%, or 8% of MP (six combinations in total) were presented. The worms could move
freely between the soil in two sections of the exposure vessels. To assess the responses of the worms
to MP contamination in their environment, we used high-density polyethylene, as it is one of the
most widespread plastic materials used today [15]. The MPs (4 mm particles) used were high-density
polyethylene (HDPE) (confirmed by Fourier-transform infrared (FTIR) and Raman spectra) produced
from threaded bottle caps—common trash seen globally. The MP type, size, and concentration were
selected based on monitoring studies which reported on MP pollution in sediments, considering the
most commonly detected MPs and their abundance and size distribution [16,17]. In addition, the
size used (4 mm) was explicitly selected by selective sieving, so that the pieces would be too large to
be consumed by the Enchytraeids. Thus, we could investigate effects other than consumption. We
hypothesised that the worms would avoid MP-contaminated areas or would choose the lower MP
concentration of the two options presented. After three days, the number of surviving worms in each
section was evaluated, assessing mortality and distribution. Possible adverse effects on E. crypticus
due to the roaming behaviour at a physiological level was assessed by determining the oxidative stress
status measuring catalase and glutathione S-transferase activity as indicators.

2. Materials and Methods

2.1. Enchytraeus Crypticus Culture

Enchytraeus crypticus was continuously cultured at the University of Helsinki under the conditions
outlined by Kobeticova et al. [18] and Castro-Ferreira et al. [9]. Briefly, the permanent culture of
E. crypticus was maintained in the commercially available turf-free soil substrate (MeinWoody, Grub
am Forst, Germany), pH 6–7, at a temperature of 18 ± 2 ◦C. The cultures were fed with oatmeal once a
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week by mixing the food into the soil substrate. Adults with a well-developed clitellum were used for
the tests.

2.2. Microplastic

Plastic from new threaded bottle caps (green colour only) was used for all experiments. However,
only caps with the Resin Identification Code (RIC) No. 2 or 02, indicating high-density polyethylene
(HDPE)—one of the two most commonly used polymer types [19]—were selected. The caps were
washed with tap water to remove possible adherent dirt or dust particles and dried at room temperature
before shredding into MP. A desktop plastic recycler (SHR3D IT, 3devo B.V. Utrecht, Netherlands) with a
sieve size of 4 mm was used to prepare MP granulate from threated bottle caps. To reach a homogenous
granulates size of precisely 4 mm, the material was applied to the shredder five times and then sieved
with a series of sieves (Test Sieve ASTM E11 containing steel oven wire) with a different mesh sizes to
retain only the 4.00 mm particles (Endecotts Ltd, London, UK) (ISO 3310) and to achieve a homogenous
MP sample material. During all stages, caution was taken not to self-contaminate the experimental
set-up with other MP particles [20].

Confirmation of the type of the plastic from the bottle caps used was performed using Fourier-
transform infrared spectroscopy (FTIR) on a PerkinElmer, Spectrum One (ATR-unit) for IR-spectra, using
eight scans with a resolution of 4 cm−1 in a range of 4000–650 cm−1. Raman spectroscopy was applied
as well using a Renishaw Invia Qontor confocal microscope at 785 nm, grating 1200 I/mm, exposure
time 1s, 30 accumulations and 100% laser power, centre 1300 Raman shift/cm−1 and a 50-times objective.

2.3. Experimental Set-Up

The same turf-free soil (MeinWoody, Grub am Forst, Germany) used for cultivation was used for
experimentation and consisted of 20% lingo fibres, 35% cocopeat washed, 10% spelt fermented, and
35% substrate compost. The soil had a pH ranging between 6 and 7 and was watered to 60% water
holding capacity and kept at 18 ± 2 ◦C for a week.

For the avoidance experiments, a modified protocol based on that described by Amorim et al. [21]
was followed. Round paperboard forms with a diameter of 180 mm and a height of 35 mm were used
as exposure vessels. To assess acute toxicity, the control vessels were filled with 600 g soil containing
no MP (0%) or the respective MP concentration 2%, 4% or 8% mixed as homogeneously as possible
(Figure 1). The exposure vessels were divided with a durable paper, adapted to the shape of the vessel,
into two parts. For the avoidance tests, one-half was filled with 300 g of MP-free soil (0%) or either 2%,
or 4% and the other half was filled with 300 g soil containing the respective MP percentage (2%, 4%, or
8%) (Figure 1).

Figure 1. A schematic representation of the experimental setup. CAT: catalase; GST: glutathione
S-transferase.

The dividing paper was then removed, and the worms were placed in the middle of the exposure
vessel; i.e., the contact line of both soil sides. The avoidance experiments were conducted for 72 h to
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allow the worms enough time to roam around and make their choice. As the exposure vessels used were
larger than those reported by Amorim et al. [21], the longer exposure time was set based on extrapolation
and preliminary tests, which assessed the time needed for the worms to travel the longer distances.
When terminating the experiment, the soil was separated at the contact using a metal spatula, and the
living worms were counted in the separated soil samples. The counted worms were shock-frozen in
liquid nitrogen and stored at −80 ◦C until the extraction of the antioxidative stress enzymes. Mortality
was assessed after 72 h of exposure to 0%, 2%, 4%, and 8% MP to assess acute toxicity.

2.4. Oxidative Stress

The worms from the avoidance tests were analysed to assess their oxidative stress status. Enzyme
extracts were prepared by homogenising the worms in 0.1 M potassium phosphate buffer pH 6.5
containing 2.17 M glycerol, 1 mM ethylene-diamine-tetra acetic acid (EDTA), and 1.4 mM dithioerythritol
(DTE). Cell debris was removed by centrifugation (10 min at 13,000 × g), and the supernatant was used
for enzyme measurements [22]. Catalase activity (CAT, E.C. 1.11.1.6) was measured on a Tecan Infinite
F Nano+ plate reader at 240 nm with the decrease of absorbance correlating to the disappearance of
H2O2 [23]. The reaction mixture contained 50 mmol/L sodium phosphate buffer, 10 mmol/L H2O2 and
10 μL enzyme extract. The enzyme activity of CAT was defined as 1 mmol of H2O2 oxidised over 1 min
at 25 ◦C and expressed as μkat/mg protein. Soluble (cytosolic) glutathione S-transferases (E.C. 2.5.1.18)
were determined using the standard model substrate 1-chloro-2,4-dinitrobenzene (CDNB), according
to Habig et al. [24]. Enzyme activities are given in katal per milligram protein (kat/mg protein); where
katal (kat) is the conversion rate of one mol substrate per second. The protein content of each sample
was determined according to the method of Bradford [25] using the Bradford protein-dye reagent
(Sigma). Bovine serum albumin (98%, Sigma.Aldrich, St. Louis, Missouri, United States) was used as a
standard protein for calibration of the assay method.

2.5. Statistical Analysis

SPSS software (IBM SPSS Statistics, Version 20) was used to perform a descriptive analysis based on
the mean of the different endpoints chosen. Normality and homogeneity of variance were tested using
Shapiro–Wilk and Levene’s test, respectively. When data proved to be normally and homogenously
distributed, the data were submitted to the one-way analysis of variance (ANOVA) followed by Tukey
post hoc in SPSS. When tests for normality and homogeneity were not satisfied, the non-parametric
Mann–Whitney-U Test together with pairwise comparisons was employed. We set the alpha value as
0.05 level for significance [26]. All data are graphically expressed as mean ± standard deviation (SD).

3. Results and Discussion

3.1. Toxicity and Avoidance Tests

An avoidance test is defined as an organism’s active selection between two samples exhibiting
different properties [27]. Therefore, in the present study, Enchytraeus sp. worms were placed in
exposure vessels containing two non-obstructed halves, which consisted of soil mixed with different
percentages of MP ranging from 0% to 8% (w/w) to determine their preference, if any. FTIR and Raman
spectroscopic analyses of the bottle cap plastics confirmed that they were indeed HDPE (Figure A1).
To assess the acute toxicity (mortality), the two halves consisted of the same MP percentages; i.e., with
no MP on both sides, or 2%, 4%, or 8% on both sides, respectively. In all these mortality tests, where
the exposure percentages were equal throughout the exposure vessel, E. crypticus distributed equally
between the two halves (Table 1).
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Table 1. Acute toxicity and area preference in pairings with the same percentage of microplastic (MP)
in both halves (n = 15, at 50 worms per independent replicate). Significance was tested by pairwise
t-tests after normality and homogeneity tests were satisfied.

%MP in
Soil Halves

(w/w)
Worms in Worms out Mortality

Distribution in the Two
Exposure Vessel Halves

Distribution
Comparison

(P-Value)

0% 50 ± 0 49 ± 1 2% 25 ± 3 24 ± 3 0.328
2% 50 ± 0 46 ± 2 8% 23 ± 2 23 ± 3 0.618
4% 50 ± 0 45 ± 1 10% 23 ± 3 22 ± 2 0.186
8% 50 ± 0 43 ± 1 14% 22 ± 2 21 ± 2 0.340

An increased percentage of HDPE MP in the soil (0% to 8%) resulted in the E. crypticus mortality
increasing from 2% to 14% (Table 1). However, the properties of the monomer ethylene used to
produce HDPE were previously reported not to cause toxicity nor to exhibit estrogenic activity [28].
Consumption leading to internal obstruction and damage is unlikely due to the size of the particles
used. However, due to the manufacturing process, all plastics can contain residual chemicals, including
catalysts necessary for the polymerisation reactions, which could quickly leach from new plastics.
Additives such as stabilisers, UV-blockers, plasticisers, antioxidants, and colourants are added to the
plastic formulation to provide the final product with the necessary properties. These additives are
retained in the plastic bound to the polymer matrix through van der Waals forces [29]. The leaching of
those chemicals due to the breakage of these weak bonds during the degradation of plastics might
therefore occur [7,30] and affect our environment [28,31]. The toxicity observed here could be due to
leaching additives from the shredded bottle caps [4,5]. However, it is more likely that the MP particles
could have caused changes in the soil structure [4,5], which resulted in undesirable conditions for the
Enchytraeids [21].

In all avoidance test pairings, where non-spiked soil was presented against MP spiked soil (0%
to 2%, 0% to 4%, and 0% to 8%), more E. crypticus (avg. 60% ± 4%) moved to the non-spiked half
(Figure 2). The Enchitraeids’ preference was higher by factors of 1.6 to 1.8 in favour of the non-spiked
side. The average survival rates in the pairings with an unspiked side ranged from 80% to 96%.
Following the experimental set-up from Kerekes and Feigl [32], all MP concentrations were paired
against each other for the avoidance tests; i.e., 2% to 4%, 2% to 8%, and 4% to 8%. In these pairings
offering a lower and a higher MP concentration as a choice, E. crypticus also preferred the lower MP
concentration in all pairings (Figure 2). The worms favoured the lower MP concentration side by factors
of 1.7 to 2.7 with increasing MP percentages. Thus, in the avoidance tests, Enchytraeids showed a clear
preference for the MP-free sides or less polluted sides, most likely due to altered soil properties, such
as decreased bulk soil density and decreased microbial activity [5] as the MP particles were too large
to consume. The possibility of leaching cannot be completely excluded as a potential reason for the
avoidance; however, this is unlikely as the exposure time was too short for leaching and exposure was
carried out at room temperature (18 ± 2 ◦C) and not under solar irradiation [33–35].
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Figure 2. Worms counted in non-spiked and MP-spiked areas of the avoidance test vessel. Data represent
mean worm count per area ± standard deviation (n = 15, at 50 worms per independent replicate).
The average percentage mortality per pairing is given under each section as M. Differences between
the treatments were tested by one-way ANOVA and Tukey post hoc when the data were normally and
homogeneously distributed. When data were not homogenously distributed, even after transformation,
the non-parametric Kruskal–Wallis test with pairwise comparisons was used.

3.2. Oxidative Stress

As exposure to MP is correlated to oxidative stress [36], we measured the activity of catalase
(CAT) and glutathione S-transferase (GST) in the worms after exposure to different HDPE MP
percentages in soil. Exposure to the HDPE MP caused the CAT activity of the Enchytraeids to increase
dose-dependently (Figure 3A). In the pairings consisting of 0% to 8% as well as 2% to 8% MP, the worms
exhibited higher CAT activity (Figure 3C), suggesting that 8% (w/w) MP in soil induced oxidative stress
in these worms.

GST is known as a biotransformation enzyme; however, it is also involved in the antioxidative
stress defence as it metabolises end-products such as malondialdehyde and 4-hydroxynonenal derived
from lipid-peroxidation [22]. As with CAT, the increasing HDPE MP percentages in the soil resulted in
a dose-dependent increase of the GST enzyme activity in the Enchytraeids (Figure 3B). All pairings,
except 0% to 2% HDPE MP, resulted in elevated GST activity (Figure 3D).

In most of the cases presented here, exposure to MP in the soil led to an increase in enzyme activity,
indicating the elicitation of an antioxidative stress response. For nanoparticles and microbeads with a
size range between 0.05 and 6 μm, it is known that the toxicity is closely correlated to the uptake into
organisms and the generation of reactive oxygen species (ROS) [36–38]. An increase of ROS will lead to
oxidative-stress-induced signalling pathways. However, the MP particles used here were specifically
selected to have a size of 4 mm; therefore, they are too large to be taken up by the oligochaetes used.
As leaching is implausible, altered soil properties may have induced oxidative stress in agreement
with the findings reported by Howcroft et al. [39].
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Figure 3. (A) Catalase activity in the 0% MP on both sides pairing, as well as in pairings with the same
MP concentration on both sides. (B) GST activity in a 0% to 0% pairing, as well as in pairings with the
same MP percentage on both sides. Data represent mean enzyme activity ± standard deviation (n = 9, at
50 worms per independent replicate). (C) Catalase activity in worms from soil containing 0% to 2%; 4%,
and 8% MP, as well as worms from the avoidance experiment from clean and MP-spiked sides of different
MP concentrations. (D) Glutathione S-transferase activity in control worms from soil containing 2%,
4% and 8% MP, as well as worms from the avoidance experiment from clean and MP-spiked sides
of different MP concentrations. Data represent mean enzyme activity ± standard deviation (n = 3,
at 50 worms per independent replicate). When data were not homogenously distributed, even after
transformation, the non-parametric Kruskal–Wallis test with pairwise comparisons were used.

In conclusion, the results show that the oligochaetes preferred an MP-free environment and that, in
the presence of MP, their antioxidative stress response was elevated. As uptake and leaching under the
experimental conditions used here are unlikely, altered soil properties due to the presence of MP may
be the cause for the results observed. More research is needed to investigate long-time exposure and
the toxicity of the compounds leaching from MP in our environment to better understand the adverse
effects of MP in our ecosystems. This is the first study to show an area choice test for Enchytraeids
avoiding MP spiked sites.
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Appendix A

Figure A1. Confirmation of the MP type as high-density polyethylene (HDPE) with (A) Fourier
transform infrared (FTIR) spectra and (B) Raman spectra.
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