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advances in the field of biocatalysis apply in the environmental sector, where microorganisms or
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products or even the mineralization of xenobiotics. Today, such processes have made advanced

due to improvements in omics technologies and synthetic biology, which provide an enormous

amount of data for genome and metagenome mining, as well as due to the creation of efficient

artificial pathways. Novel enzymatic activities may have unique characteristics for the degradation

of pollutants as well as high chemo-, regio-, and stereo-selectivity for the modification of aromatic

and/or halogenated compounds.
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Biocatalysis has developed new molecular tools for the improvement of a wide range of
bioprocesses that diminish raw material and energy consumption, while reducing or eliminating the
formation of byproducts that might be hazardous to human health and the environment. New advances
in the field of biocatalysis apply in the environmental sector, where microorganisms or their enzymes
could be used for waste valorization towards the production of high added value products or even the
mineralization of xenobiotics. Today, such processes have been advanced due to the improvement in
omics technologies and synthetic biology, which provide an enormous amount of data for genome and
metagenome mining, as well as the creation of efficient artificial pathways. Novel enzymatic activities
may have unique characteristics for the degradation of pollutants, as well as high chemo-, regio- and
stereo-selectivity for the modification of aromatic and/or halogenated compounds. This Special Issue
aims to highlight the dual potential of novel biocatalytic processes, where the first part is dedicated
to waste valorization for the production of high value products, while the second part is focused
on the detoxification of pollutants [1–8]. Several examples of microbial systems employed for the
valorization of waste streams derived by the forest, agricultural and food industries [1–4], or the use of
whole-cell or enzyme approaches for the removal of nitrogen or dyes from industrial wastewaters [6–8],
were indicated. Last but not least, an example of the utilization of polyhydroxyalkanoates (PHAs) was
highlighted for the production of fatty acids, which were used for the enzymatic synthesis of sugar
esters with antimicrobial properties [5].

Starting with the use of biocatalysis for the valorization of waste byproducts towards high added
value compounds, Karnaouri et al. utilized residual forest biomass for the sustainable production of
prebiotic cellobiose and other cellulose-derived oligosaccharides. For this purpose, a fine-tuning of the
performance of the commercially available enzyme mixture Celluclast® was conducted towards the
optimization of cellobiose production [1]. Under the same idea, Koutrotsios et al. evaluated olive-mill
wastes and olive pruning residues as substrates for the cultivation of Ganoderma lucidum and Pleurotus

ostreatus. Both mushrooms exhibited prebiotic properties supporting or even enhancing the growth
of both Lactobacillus acidophilus and L. gasseri bacteria [2]. Lage et al. employed four Nordic green
microalgal strains, namely, Chlorella sorokiniana, Chlorella saccharophila, Chlorella vulgaris, and Coelastrella,
for the valorization of wood hydrolysates (Silver birch, L. Betula pendula) and dairy effluent mixture
towards lipid production. Culturing microalgae in integrated waste streams under mixotrophic growth
regimes was found to be a promising approach for sustainable biofuel production, especially in regions
with large seasonal variation in daylight, like northern Sweden [3]. Waste cooking oil, a major pollutant
from the food industry, was used as a resource for the high cell density bioprocess for PHA production.
The presented bioprocess reached a 33-fold higher PHA productivity compared to previous reports
using saponified palm oil, representing an excellent basis for the industrial conversion of waste cooking
oil into PHA [4]. In addition to the production of PHA from food waste, Snoch et al. utilized such PHA
polyesters for the enzymatic synthesis of sugar esters. With the aid of enzyme biocatalysis, a series

Catalysts 2020, 10, 490; doi:10.3390/catal10050490 www.mdpi.com/journal/catalysts1
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of glucose esters were created with unmodified and modified PHA monomers, showing moderate
antimicrobial activity [5].

In the second part of the Special Issue, biocatalysis was used as a tool for the treatment of industrial
wastewater pollutants. Dolejš et al. studied the co-immobilization of anammox and ammonia-oxidizing
bacteria into a polyvinyl alcohol hydrogel, and its effective use in nitrogen removal. This is the first
report of such immobilization strategy to indicate that pH-stat and substrate limitation stimulate the
co-immobilized bacteria activity in biotransformations [6]. Another form of waste that was considered
in this Special Issue was dye-containing wastewater, which presents an increasing global issue due
to the increase in population and demand for clothes and other colored products. To tackle this
problem, Lončar et al. used genome sequence information to discover dye-decolorizing peroxidases
from Pseudomonas fluorescens Pf-01, reporting for the first-time the peroxidase-catalyzed insertion
of a carbene into an N–H bond [7]. Enzymatic biocatalysis was also employed for the degradation
of a broad series of dyes, proving its potential for the treatment of textile industrial wastewater.
In particular, Mandic et al. discovered novel laccases combining different approaches including DNA
sequence analysis, N-terminal protein sequencing, and genome sequencing data analysis for laccase
amplification, cloning, and overexpression. Four active recombinant laccases were obtained from
different Pseudomonas putida species, highlighting the potential of this genus as a good source of
biocatalytically relevant enzymes [8].

Both editors would like to express their gratitude to all the authors for their valuable contributions
and the editorial team of Catalysts for their kind support.

References

1. Karnaouri, A.; Matsakas, L.; Bühler, S.; Muraleedharan, M.; Christakopoulos, P.; Rova, U. Tailoring
Celluclast® Cocktail’s Performance towards the Production of Prebiotic Cello-Oligosaccharides from Waste
Forest Biomass. Catalysts 2019, 9, 897. [CrossRef]

2. Koutrotsios, G.; Patsou, M.; Mitsou, E.; Bekiaris, G.; Kotsou, M.; Tarantilis, P.; Pletsa, V.; Kyriacou, A.;
Zervakis, G. Valorization of Olive By-Products as Substrates for the Cultivation of Ganoderma lucidum and
Pleurotus ostreatus Mushrooms with Enhanced Functional and Prebiotic Properties. Catalysts 2019, 9, 537.
[CrossRef]

3. Lage, S.; Kudahettige, N.; Ferro, L.; Matsakas, L.; Funk, C.; Rova, U.; Gentili, F. Microalgae Cultivation for
the Biotransformation of Birch Wood Hydrolysate and Dairy Effluent. Catalysts 2019, 9, 150. [CrossRef]

4. Ruiz, C.; Kenny, S.; Babu, P.R.; Walsh, M.; Narancic, T.; O’Connor, K. High Cell Density Conversion of
Hydrolysed Waste Cooking Oil Fatty Acids into Medium Chain Length Polyhydroxyalkanoate Using
Pseudomonas putida KT2440. Catalysts 2019, 9, 468. [CrossRef]
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Abstract: The main objective of this study focused on the sustainable production of cellobiose and
other cellulose-derived oligosaccharides from non-edible sources, more specifically, from forest
residues. For this purpose, a fine-tuning of the performance of the commercially available enzyme
mixture Celluclast® was conducted towards the optimization of cellobiose production. By enzyme
reaction engineering (pH, multi-stage hydrolysis with buffer exchange, addition of β-glucosidase
inhibitor), a cellobiose-rich product with a high cellobiose to glucose ratio (37.4) was achieved
by utilizing organosolv-pretreated birch biomass. In this way, controlled enzymatic hydrolysis
combined with efficient downstream processing, including product recovery and purification through
ultrafiltration and nanofiltration, can potentially support the sustainable production of food-grade
oligosaccharides from forest biomass. The potential of the hydrolysis product to support the growth
of two Lactobacilli probiotic strains as a sole carbon source was also demonstrated.

Keywords: non-digestible oligosaccharides; Celluclast®; cellobiose; conduritol-B-epoxide; prebiotic;
lignocellulose enzyme hydrolysis

1. Introduction

Nowadays, food and pharmaceutical industries show a growing interest in the development
of the so-called functional foods. This term is used to describe products that demonstrate various
beneficial effects for the consumer, such as improving the bioavailability of a particular component and,
eventually, the reduction of the risk of certain diseases and the general amelioration of the person’s
well-being [1]. The main target for these high added-value food ingredients are the non- digestible
oligosaccharides (NDOs), including carbohydrates with a low degree of polymerization (DP), between
3–10 sugar moieties. Their importance arises from the fact that these oligosaccharides are not digested
by the enzymes of the gastrointestinal system, therefore they are available to be fermented by the human
intestinal flora and promote the growth of beneficial gut bacteria in the colon, such as Bifidobacteria and
Lactobacilli [2]. Over 20 different types of NDOs are currently available on the market and they are
either extracted from natural sources, obtained by enzyme processing, or produced chemically [3].
The preferable process targeted for NDOs production involves the controlled enzymatic degradation,
since it offers mild reaction conditions and less chemically harsh byproducts.

A novel source of NDOs are plant cell wall polysaccharides. The inability of humans to digest
NDOs derived from cellulose and hemicellulose structures is due to the fact that NDOs sugar units

Catalysts 2019, 9, 897; doi:10.3390/catal9110897 www.mdpi.com/journal/catalysts3
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are linked by glucosidic bonds that have a β-configuration and thus cannot be degraded by human
gastrointestinal enzymes since they are specific for compounds with an α-configuration [3]. Such plant
polysaccharides are often present in large amounts in fiber-rich byproducts and wastes, such as
lignocellulosic residues. These residues are currently being underutilized and burned for energy
production with a low sale price; this biomass can serve instead as a starting material for many valuable
products. There is a rapidly growing interest in new technologies that can convert renewable, low-cost
biomass from the forest into high-value bulk chemicals and materials, including NDOs and other food
ingredients [4]. The availability of well-defined enzymes or enzyme combinations for the production
of NDOs from these substrates is a prerequisite [5]. The plant cell wall polysaccharides as a novel
source of prebiotic oligosaccharides have gained increasing attention, since they offer a sustainable
and attractive utilization of the agricultural and industrial residues leading to the development of a
bio-based economy.

Among the lignocellulosic-derived NDOs, those produced by cellulose hydrolysis, namely
cello-oligosaccharides (COS), represent a group of novel oligosaccharides with exceptional interest
and numerous potential applications as potential prebiotic ingredients. These oligosaccharides,
especially cellobiose, have been shown to promote the growth of Bifidobacterium species and exhibit
a higher prebiotic potential than other widely used oligosaccharides, such those from fructose [6].
The bioavailability of cellobiose in humans has already been evaluated with cellobiose tolerance
tests [7]. It has consequently been observed that after ingestion, cellobiose can be fermented by the gut
microflora and that it cannot be hydrolyzed by the digestive enzymes, therefore it reaches the colon
undigested [8]. Additional studies have been carried out with humans and rodents and suggested the
beneficial effects of cellobiose on carbohydrate metabolism, diabetes and obesity [9,10].

Several strategies for enzyme-mediated production of oligosaccharides have been proposed.
These include, among others, the design of tailor-made enzymatic cocktails that offer a controlled
polysaccharide cleavage breaking and produce less monomers [11], the modification of reaction
conditions (e.g., buffer exchange to abolish the end-product inhibition of enzymatic activity) [12]
or the fine-tuning of the performance of commercially available enzyme cocktails (e.g., addition of
β-glucosidase inhibitor [13]). Out of these strategies, the construction of customized enzyme mixtures
may offer great advantages, such as the ability to adapt the mixture composition to different substrates
according to their structural properties, but there are many bottlenecks that hamper the scaling-up of
such processes. These bottlenecks arise either from the production costs of different monoenzymes or
the laborious, time-consuming techniques related to molecular cloning and heterologous production
methods and protocols. On the contrary, tuning the performance of commercially available cellulase
mixtures could be a promising solution for the valorization of available biomass wastes. These enzyme
cocktails comprise of a unique set of various activities that act synergistically to release the desired
product. By modifying the reaction conditions, such as pH or temperature, it is possible to boost the
activity of specific enzymatic activities of interest, such as cellobiohydrolases and endoglucanases in
the case of cellobiose production, selectively. Combining this selectivity together with blocking the
activity of β-glucosidase with inhibitory compounds can theoretically lead to the accumulation of
cellobiose. Conduritol-B-epoxide mimics the structure of β-glucose, as shown in Figure 1, and it is a
potential irreversible inhibitor of β-glucosidases [14]. Opening of the epoxide by a nucleophilic residue
of the enzyme active site enables the interaction with the OH groups of the inhibitor, the formation of a
stable ester bond and, subsequently, the specific binding to the enzyme [15].
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Figure 1. Structures of glucose and conduritol-B-epoxide, two potent inhibitors of enzymes with
cellobiohydrolase activity.

In the present study, different strategies were followed including modification of the reaction
conditions, such as pH, temperature, addition of conduritol-B-epoxide at various concentrations,
as well as change of hydrolysis strategies, such as buffer exchange, supplementation of enzyme and
conduritol. Celluclast®, an enzyme preparation for breakdown of cellulose into glucose, cellobiose and
longer glucose polymers, produced by fungus Trichoderma reesei, was selected for the study due to the
limited activity of β-glucosidase that it is a native characteristic property of the cocktail [16]. As this
enzyme preparation is lacking lytic polysaccharide monooxygenase (LPMO) activities, the synergistic
effect of cellulases with external addition of LPMO towards the production of cellobiose was also
evaluated. This class of enzymes has been reported to cleave cellulose chains in an oxidative way and to
create nicking points [17], thus providing new chain ends for the processive enzymes to act. Moreover,
a comparative study of the performance of the optimized cocktail on different substrates under optimal
reaction conditions is presented. Organosolv-pretreated birch and spruce woodchips [18,19] were used
as substrates to determine the production of cellobiose. Finally, the substrate that was degraded to the
greatest extent was assessed on a scale-up reaction and the whole process, including product recovery
and purification as well as evaluation of prebiotic potential on different Lactobacilli species, is described.

2. Results

2.1. Effect of β-Glucosidase Inhibitor

The effect of conduritol-B-epoxide, which binds covalently to the catalytic site of β-glucosidase,
towards the production of cellobiose was evaluated. Organosolv-pretreated birch B1 (the composition
is described in Section 4.1), was used as a substrate. Since the inhibition effect is usually dose- and
time-dependent, different concentrations of conduritol were tested in order to find the minimum
amount that caused inhibition of the activity of β-glucosidase. Buffer exchange was applied at 24 h,
as from preliminary results it was found that it increased the hydrolysis yield by 23% (data not shown).
Total hydrolysis time was 48 h. As depicted in Figure 2 and Supplementary Table S1, the highest
cellulose conversion to cellobiose was observed with a concentration of 0.99 mM conduritol and
corresponded to 35.2% (w/w) for 48 h of hydrolysis, while the cellobiose (CB): glucose (Glu) ratio was
equal to 3.3. When conduritol was added to a concentration of 3.95 mM, the ratio of cellobiose to
glucose was 6.5, with a total production of 168.5 mg cellobiose/g biomass and 25.8 mg Glu/g biomass. In
presence of 4.94 mM conduritol, the ratio of CB to Glu was 7.1 and was the highest among all conditions
tested, leading to 154 mg CB/g of substrate. In order to combine the maximum ratio of cellobiose to
glucose to get a cellobiose-rich hydrolysis product with the minimum amount of conduritol, addition
of 3.95 mM conduritol was selected as the optimum condition for further experiments.
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Figure 2. Cellulose conversion (% w/w) to cellobiose (CB) and glucose (Glu) under addition of various
concentrations of conduritol-B-epoxide, upon buffer exchange at 24 h. The CB:Glu ratio is also described
for 48 h of hydrolysis.

2.2. Effect of Enzyme and Conduritol Mixture Preincubation

Preincubation of enzyme with conduritol was investigated in order to check whether the inhibitor
could bind onto the enzyme under a time-dependent mode. The preincubation took place at room
temperature for 60 min. Hydrolysis took place under the same conditions as described above and
the results were compared to those from a hydrolysis reaction without preincubation. The results,
described in Table 1, showed that preincubation did not result in further improvement of the activity
of Celluclast® towards the production of CB showing that the covalent bonding between the enzyme
and inhibitor is instant. Moreover, the CB:Glu ratio was slightly lower after preincubation.

Table 1. Cellulose conversion (% w/w) to CB and Glu with and without preincubation of the enzyme
with the inhibitor compound. Birch B1 was used as a substrate.

24 h 48 h

CB (% w/w) Glu (% w/w) CB:Glu CB (% w/w) Glu (% w/w) CB:Glu

No preincubation 17.7 ± 0.9 2.7 ± 0.1 6.7 19.5 ± 1.1 3.0 ± 1.0 6.5
Preincubation 17.0 ± 1.1 2.9 ± 0.0 5.8 19.9 ± 1.0 3.4 ± 1.1 5.8

2.3. Effect of pH and Enzyme Loading

The effect of different pH conditions was investigated with an enzyme loading of 25 and 50 mg/g
substrate, for 24 and 48 h of hydrolysis, with buffer exchange at 24 h. From the results, as shown in
Figure 3 and Supplementary Table S2, it can be concluded that an increase of enzyme loading leads to
a concurrent rise of the overall cellulose conversion but it does not favor the production of CB over
Glu. It is only at pH 7.0 that the addition of 50 mg enzyme/g of substrate results in production of CB as
the sole product in the absence of Glu, with a CB yield of 133 mg/g of substrate after 48 h of hydrolysis
confirming previous observations that the inhibition from conduritol-B-epoxide is pH-dependent [20].

The trials at different pH values showed that there is a gradual increase both in total hydrolysis
yields and the CB:Glu ratio when the pH of the reaction increases from 4.00 to 6.00, while the optimum
CB:Glu ratio is achieved at pH 7.0 (21.6 and 22.5 after 24 and 48 h of hydrolysis, respectively, for 25 mg
enzyme/g of substrate). Interestingly, the overall cellulose conversion is lower at this condition, and
this is apparently due to the lower activity of a fraction of enzymes that are included in Celluclast®

mixture. With the aim to minimize the enzyme usage and, since the amount of CB produced from both
enzyme loading conditions was approximately the same, while the amount of glucose was negligible
(0.56% w/w), the enzyme loading of 25 mg enzyme/g substrate and pH 7.0 was selected as the optimal

6
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condition to proceed further. Trials at pH 7.5 and 8.0 showed a reduced enzyme activity that reached
9.27% and 1.81% w/w cellulose conversion to CB, respectively (data not shown).

 

β

β

Figure 3. Cellulose conversion (% w/w) to cellobiose (CB) and glucose (Glu) in different pH conditions
and at an enzyme loading of 25 and 50 mg/g of substrate, upon buffer exchange at 24 h. The CB:Glu
ratio is also described for 24 and 48 h of hydrolysis.

2.4. Effect of Hydrolysis Time, Inhibitor Concentration and Reaction Temperature at pH 7.0

The hydrolysis rates after 24, 48, 72 and 96 h incubation were evaluated at pH 7.00, both with and
without buffer exchange at 48 and 72 h, in order to evaluate whether it was possible for the reaction to
continue leading to an increase of cellobiose production. Buffer exchange at 24 h was applied in both
cases. The results, as depicted in Figure 4a and Supplementary Table S3, showed that the rate is higher
during the first 24 h of reaction, with a CB yield of 109.5 mg/g substrate and a CB:Glu ratio of 21.8,
which in accordance with the previous results, and it remains high after 48 h. Comparison of 72 and
96 h of hydrolysis with and without buffer exchange did not show significant difference, therefore this
strategy was not used further. This can be attributed to the fact that enzymes, though bound onto
the substrate, have lost a part of their activity after 96 h of hydrolysis, therefore they are not able to
continue the hydrolysis of the substrate and contribute further to the increase of the CB yield. As the
greater amount of cellobiose was produced within the first 24 h, this condition was selected in order to
minimize the hydrolysis time and, consequently, the possible overall costs of the process.

 

(a) (b) 

β

β

Figure 4. Cellulose conversion (% w/w) to CB and Glu: (a) for different hydrolysis time and evaluation
of buffer exchange after 72 (buffer exchange at 48 h) and 96 h (buffer exchange at 72 h) of hydrolysis;
(b) for various concentrations of conduritol-B-epoxide at pH 7.0. The CB:Glu ratio is also described for:
(a) different hydrolysis time; (b) 24 h of reaction.
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As pH 7.0 was proved to be a condition that does not favor the activity of β-glucosidase, since the
enzyme was apparently less active, and with the aim to reduce the addition of conduritol as much
as possible, another set of experiments was set up in order to test different concentrations of the
inhibitory compound. Conduritol-B-epoxide was added in concentrations varying within the range
of 0–3.95 mM and the reaction was incubated for 24 h. In Figure 4b and Supplementary Table S4, it
can be observed that a concentration of 1.98 mM conduritol is sufficient to suppress the activity of
β-glucosidase and lead to a total production of 141.7 mg CB/g of substrate, with a CB:Glu ratio of
28.3. Trials with different temperature conditions were also conducted in order to evaluate whether a
temperature change within the range of 40–50 ◦C (optimal temperature conditions for the performance
of Celluclast® according to [10]), could have a beneficial effect towards the increase of cellobiose
production. The hydrolysis yield and the CB:Glu ratio were evaluated after 12 and 24 h of hydrolysis,
after applying buffer exchange at 12 h. The results, summarized in Table 2, showed that 45 ◦C is the
optimal temperature that maximizes the cellobiose production, but the CB:Glu ratio is much lower.
Therefore, the condition of 1.98 mM conduritol, 50 ◦C and 24 h of reaction was chosen as the optimal.

Table 2. Trials with different temperature and incubation time. All experiments have been conducted
upon the addition of 1.98 mM conduritol-B-epoxide and a pH 7.0, while buffer exchange was applied
at 12 h.

Temperature/Incubation Time CB Glu CB:Glu mg CB/g Substrate

50 ◦C, 12 h 13.0 ± 1.1 0.5 ± 0.1 27.1 111.97
50 ◦C, 24 h 16.3 ± 0.5 0.6 ± 0.1 28.0 140.66
45 ◦C, 12 h 16.7 ± 0.7 1.4 ± 0.1 12.1 143.97
45 ◦C, 24 h 20.1 ± 0.4 1.2 ± 0.0 17.3 173.45
40 ◦C, 12 h 12.8 ± 1.0 1.3 ± 0.2 9.6 110.64
40 ◦C, 24 h 18.5 ± 0.2 1.7 ± 0.2 10.7 159.4

2.5. Effect of Buffer Exchange, Enzyme and Inhibitor Supplementation

The effect of buffer exchange, as well as the supplementation with additional enzyme loading
and/or conduritol-B-epoxide was assessed for 8, 24 and 48 h of hydrolysis. Buffer exchange and
supplementation of enzyme and inhibitor occurred at 8, 24 and 48 h, while the amount of enzyme
and inhibitor added each time was equal to the initial concentration. The results in Figure 5 show
that buffer exchange not only improved the CB yield but also increased the CB:Glu ratio at 24 and
48 h. This can be attributed not only to the removal of produced cellobiose and, thus, elimination of
end-product inhibition, but also due to the fact that β-glucosidase was removed in the supernatant
while other cellulolytic enzymes remained bound onto the substrate. As a result, after the buffer
exchange step, the majority of the enzymes that are present represent enzymes with activity of endo-
and exo-cellulases, while the β-glucosidase fraction has been removed. Trials with supplementation
of enzyme, conduritol or combination of both showed that the addition of enzyme loading boosts
the hydrolysis towards the production of cellobiose and rapidly increases the CB:Glu ratio to 39.8,
compared to 18.6 in case of buffer exchange. The highest performance is achieved when all three
different constituents, namely buffer, enzyme and conduritol, are all supplemented, leading to 164.3
and 172.2 mg CB/g of substrate after 24 and 48 h of hydrolysis, respectively (Supplementary Table S5).
Supplementation with conduritol alone does not further improve the product yield.
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Figure 5. Cellulose conversion (% w/w) to CB and Glu after applying buffer exchange and/or
supplementation with additional enzyme loading or conduritol-B-epoxide. The CB:Glu ratio is also
described for 8, 24 and 48 h of hydrolysis.

2.6. Evaluation of LPMO on the Production of Cellobiose

Synergistic effect of PcLPMO9D with cellulases was investigated in order to evaluate whether
the addition of a C1 oxidizing enzyme can boost the production of cellobiose. The control reaction
with 25 mg Celluclast®/g of substrate and addition of 1.98 mM of conduritol-B-epoxide resulted in
the release of 145.7 mg CB/g of substrate, with a CB:Glu ratio equal to 21.8. The test reaction with an
additional loading of 2.5 mg LPMO/g of substrate showed a substantial increase of cellobiose to 220.9 g
CB/g of substrate. Interestingly, the data displayed in Table 3 show that, in parallel, there is a higher
increase in the glucose production rate, which is translated into a decrease of the overall CB:Glu ratio.
As a result, although the total sugar release is increased by around 58% in the LPMO supplemented
reaction and there is a significant boost obtained in the case of cellobiose, the enormous enhancement
in glucose levels causes the CB:Glu ratio to drop to 13.1. Interestingly, in the control reaction containing
27.5 mg Celluclast®/g of substrate, no significant changes in either cellobiose or glucose yields were
observed. This is an indication that the increase of cellobiose yields can be attributed to the activity of
LPMO and not to the effect of increased protein content. To the best in our knowledge this is the first
report where the additional action of LPMO results not only in the increase of release of glucose but
also in the increase of production of cellobiose.

Table 3. Evaluation of synergistic effect of Celluclast® supplementation with PcLPMO9D towards the
production of cellobiose.

Conditions
CB

(% w/w)
Glu

(% w/w)
CB:Glu

mg CB/g
Substrate

% CB
Increase

% Glu
Increase

25 mg enzyme/g sub 16.0 ± 1.7 0.7 ± 0.1 21.8 145.7 0 0
25 mg enzyme/g sub +
2.5 mg PcLPMO9D/g sub 24.3 ± 1.2 1.9 ± 0.1 13.1 220.9 51.5 151.6

27.5 mg enzyme/g sub 16.0 ± 1.0 0.7 ± 1.0 21.8 145.4 0 0

2.7. Evaluation of Different Substrates

Different substrates were tested towards the production of cellobiose by using the optimal
hydrolysis conditions, namely 1.98 mM of conduritol-B-epoxide at pH 7.0 with an enzyme loading of
25 mg/g substrate. Buffer exchange was applied at 8 and 24 h of hydrolysis, without any supplementation
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of conduritol or enzyme. The composition of each substrate is described in Section 4.1. According to
the results depicted in Figure 6 and Supplementary Table S6, conversion of cellulose to cellobiose was
higher in birch compared to spruce. Regarding the CB:Glu ratio, in the case of birch, this was lower for
B1, and in case of spruce it was lower for S1; both were pretreated with acid catalyst. B1 was by far the
best substrate among those tested for the production of cellobiose, therefore it was selected for the
scale-up reactions.

 

Figure 6. Hydrolysis yields from birch and spruce substrates, described as % w/w cellulose conversion
into cellobiose and glucose of at pH 7.0, upon the addition of 1.98 mM conduritol-B-epoxide, at an
enzyme loading of 25 mg/g of substrate, with buffer exchange at 8 and 24 h. CB:Glu and total mg CB
per gram of substrate are also described.

2.8. Scale-up Reaction and Downstream Processing for Product Recovery

A scale-up reaction with a total volume of 60 mL was carried out using birch B1 as the substrate and
the optimal reaction conditions to maximize the cellobiose production upon the minimum addition of
conduritol-B-epoxide and enzyme loading, as determined in the previous experiments. The hydrolysis
was carried out at pH 7.0, with addition of 1.98 mM conduritol-B-epoxide and an enzyme loading
of 25 mg/g of substrate. Hydrolysis took place for 24 h and buffer exchange was applied after
8 h. After centrifuge and removal of the residual biomass, all fractions were collected and mixed
(final reaction mixture together with that originating from the buffer exchange). Ultrafiltration and
nanofiltration were applied in order to remove glucose and conduritol and to recover a cellobiose-rich
liquor. Figure 7 represents the overall procedure for the enzymatic production of cellobiose from
organosolv-pretreated birch B1, as well as the product yield and recovery in each stage. A total amount
of 1.28 g of cellobiose was produced, corresponding to 128 mg of cellobiose/g of substrate, while after
ultra- and nano-filtration, 984 mg of the final product remained. The nanofiltration step resulted in the
removal of a great amount of glucose, leading to a final cellobiose to glucose ratio of 37.4. The protein
content of the mixture was determined at 0.53% w/w. The product was freeze-dried (Figure 8) and
used for evaluation of its prebiotic potential.
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Figure 7. Overall scheme of the cellobiose production from pretreated birch.
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Figure 8. Freeze-dried cellobiose-rich product from enzymatic hydrolysis of pretreated birch.

2.9. Evaluation of COS Prebiotic Activity

Growth Potential of Lactobacillus Strains on Pure Cellobiose and Birch-Derived Sugars

Two Lactobacilli strains were used for testing the prebiotic effect of the birch hydrolysates.
The results, as evaluated by the increase of the optical density (OD600) and the carbohydrate
accumulation, are depicted in Figure 9. Both strains (L. gasseri and L. plantarum) can efficiently
utilize cellobiose which is demonstrated by the growth rate values that reach µ = 0.19 h−1 and
µ = 0.78 h−1, respectively. L. plantarum exhibits a relatively higher growth in cellobiose (final OD600 =

5.18 ± 0.19) and consumes the total carbohydrate content within the first 23 h of hydrolysis. L. gasseri is
slower (final OD600 = 5.08 ± 0.27) and incubation time over 50 h is required in order to consume the
total amount of cellobiose. Lactic acid is the only metabolite that is produced by both L. gasseri and
L. plantarum when grown on cellobiose, as depicted in Table 4, while no production of any short chain
fatty acid (acetic, propionic or butyric acid) is detected.
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(b)(a)

Figure 9. Growth curve and carbohydrate consumption of (a) L. gasseri and (b) L. plantarum grown
anaerobically, at 36 ◦C, on MRS culture media supplemented with 2% (w/v) cellobiose and with birch
hydrolysate at an initial concentration corresponding to 2% (w/v) cellobiose.

Table 4. Fermentation metabolites (mg/mL) of Lactobacilli strains upon growth on pure cellobiose,
birch and spruce COS-rich hydrolysates. No significant amounts of formic or butyric acid were detected.

L. gasseri L. plantarum

Cellobiose Birch Hydrolysate Cellobiose Birch Hydrolysate

0 h 77 h 0 h 77 h 0 h 23 h 0 h 23 h

cellobiose 19.7 ± 1.1 0.1 ± 0.0 19.6 ± 2.0 0.0 ± 0.00 20.1 ± 0.06 0.0 ± 0.0 20.0 ± 2.6 0.1 ± 0.1
lactic acid 0.1 ± 0.1 8.5 ± 1.4 0.3 ± 0.1 39.5 ± 3.9 0.4 ± 0.01 21.1 ± 2.9 1.2 ± 0.2 37.1 ± 2.9
acetic acid 4.0 ± 1.3 4.1 ± 0.0 4.2 ± 0.8 4.4 ± 1.0 4.3 ± 0.25 3.8 ± 0.6 4.5 ± 1.7 4.4 ± 1.9

propionic acid 0.9 ± 0.0 1.03 ± 0.7 1.1 ± 0.0 0.8 ± 0.2 0.9 ± 0.12 0.9 ± 0.0 1.1 ± 0.7 0.8 ± 0.2

The results from the studies with birch hydrolysate showed that both strains are able to grow
on birch-derived cellobiose as shown in Figure 9 by the increase of the optical density value and the
consumption of the cellobiose content. The most effective strain was L. plantarum, with a growth
rate of µ = 0.92 h−1, while L. gasseri could also utilize this carbon source, though it was much slower
(µ = 0.22 h−1). Determination of the fermentation products (Table 4) reveals the presence of other
sugars existing in the biomass hydrolysate that were not detected by HPLC and can be consumed by
both strains, since the amount of the lactic acid produced is much higher than the cellobiose that is
consumed. In fact, a low amount of glucose is present, but still the final concentration of lactic acid is
much higher. Analysis of the product with HPAEC-PAD chromatography revealed traces of sugars
with higher degree of polymerization, such as cellotriose and cellotetraose, leading to the conclusion
that other oligosaccharides with higher degree of polymerization (DP) originating either for cellulose
or hemicellulose exist in the hydrolysate and serve as a carbon source for the bacteria. In a similar way
as for the cellobiose substrate, no production of acids was observed.

3. Discussion

Lignocellulosic biomass residues constitute an abundant, renewable source of energy-rich
polysaccharides that, when subjected to enzymatic hydrolysis, are transformed into oligomeric
and monomeric sugars. The latter can either be processed through chemical and/or biological treatment
towards a repertoire of high added-value products or, depending on their structural properties,
to be used as animal feed or human dietary supplements with prebiotic properties. Many tons of
forest materials are annually made available by the forest industry and these residual streams are
usually under-valorized. Biomass from birch trees consists of approximately 43.9% w/w cellulose,
while this percentage reaches 42% w/w for spruce trees [21], underlining the great potential of
these residues towards the production of COS. It has been already reported in the literature that
COS produced by enzymatic hydrolysis of wheat straw, comprised of 84% of cellobiose, showed a
substantial improvement of the microbial consortium of weaned pigs [22]. However, limited studies on
production of COS from forest biomass have yet been reported. Production of non-digestible COS from

12



Catalysts 2019, 9, 897

forest residual biomass includes a complete process starting from physicochemical pretreatment and
fractionation in order to obtain a cellulose-rich solid pulp, followed by controlled enzymatic hydrolysis
in order to increase the ratio of oligomers over monomers, product recovery and purification and,
eventually, evaluation of prebiotic activity. To the best of our knowledge, this is the first study to report
the optimization of parameters for tuning the performance of the commercial cocktail Celluclast®

towards the production of oligosaccharides and, moreover, this is one of the first reports that describes
the whole procedure covering from the pretreatment/fractionation to the in vitro evaluation of COS
prebiotic potential on Lactobacilli strains.

Lignocellulose degradation is a challenging process due a number of factors linked with the
recalcitrance and complex nature of this material. The saccharification of the lignocellulosic biomass is
hence limited due to these factors. Particularly, the hemicellulose and lignin removal, the decrease
of the degree of polymerization of the cellulose chain and the decrease of the cellulose crystallinity
index, which is also accompanied by the decrease of the particle size and thus the increase of
the accessible surface area, are considered as major requirements for a hydrolysis process to be
efficient [23,24]. Therefore, to boost the hydrolysis of lignocellulose towards the production of prebiotic
oligosaccharides, there is a necessity to overcome the difficulty and complexity of the depolymerization
of this substrate. Applying an efficient pretreatment/fractionation method, such as organosolv process,
has proven a promising solution [18,19], particularly by employing food-grade aqueous ethanol
solutions. Combining an efficient fractionation process with controlled enzymatic hydrolysis can boost
the release of oligomers over monomers. Synthesis of cellobiose and other oligosaccharides with higher
DP is also possible through enzyme-mediated condensation reaction of monosaccharides, catalyzed by
β-glucosidases [25,26]. However, the reaction rate is quite slow, leading to very low oligosaccharide
yields and thus, making the process not economically viable. Compared to synthesis, hydrolysis
of cellulose-containing substrates, including lignocellulosic residues, is an attractive alternative.
The main bottleneck of the process is the end-product inhibition, which is more severe in case of
cellobiohydrolases [27] but can also affect many enzymatic activities that are present in a cellulase
mixture. Additionally, the remaining hemicellulose-derived products on the substrate, like xylan, also
impact the hydrolysis rates of cellulases [28]. Even though generally the inhibition is more apparent at
high-solid concentrations it is also significant at low-solid concentrations [29] and therefore can occur
under the conditions of the present study.

To eliminate the adverse effects of the end-product inhibition, we studied the effect of buffer
exchange on the increase of cellobiose yields. A similar strategy described as a multistage degradation
process of cellulose towards the production of cellobiose has been also reported in the literature [12].
This process is expected not only to alleviate the inhibitory reactions from present cellobiose and
glucose, but also to enable the removal of unbound β-glucosidase in the washing fraction, while other
cellulases containing a carbohydrate binding module (CBM) remain attached onto the substrate and
continue the hydrolysis process. Moreover, we studied the addition of the β-glucosidase inhibitor
conduritol-B-epoxide at different concentrations, which led to a substantial increase of the final
cellobiose produced. Finally, modifying the reaction conditions and performing the hydrolysis at
pH 7.0 resulted in a high ratio of CB:Glu. This is in accordance with data reported in the literature
describing that activity of Celluclast® against pNP-glucopyranoside (indicative of β-glucosidase
activity) is observed only in a narrow pH range between 4.0–5.5 [30]. By combining buffer exchange
with addition of conduritol and changing the pH of the reaction, we achieved a CB:Glu ratio of
21.8, which is the highest among those reported. Ultrafiltration in order to remove the enzymes and
possibly re-use them, combined with nanofiltration in order to remove glucose, conduritol and other
low-molecular-weight compounds was also employed for the scale-up reactions [31].

LPMOs, a novel class of oxidative biocatalysts acting on carbohydrate-containing substrates, have
been shown to boost the hydrolytic performance of cellulase cocktails by improving their accessibility
to the cellulosic substrate [17]. LPMOs have been investigated for their implication in defibrillation
and separation of cellulose fibrils, acting as “amorphogenesis”-inducing factors [32], thus providing
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to hydrolases novel cellulose sites for binding and cleavage. Since LPMOs have this mode of action,
it was supposed that they can possibly boost the production of cellobiose. Indeed, as shown in our
study, their incorporation in the cellulase mixture increased the yield of CB, but this was accompanied
by a simultaneous increase of glucose and, as a result, the decrease of the ratio of CB:Glu. In our case,
this condition was not selected further for the experimental purposes of the present project.

Testing different substrates showed that at least two-fold higher cellobiose yield was achieved
in the case of birch compared to spruce, verifying that the performance of the cocktail differs among
biomass samples and depends on the composition and structure of the lignocellulosic materials that
differ according to the type of wood that is used. The main hemicellulolytic component of hardwoods
(birch) is xylan, while for softwoods (spruce) is glucomannan. Consequently, the response of the
different materials to the pretreatment method that is being used is also distinctive. It has been
reported that after the organosolv pretreatment of both birch and spruce biomass the lignin removal is
more significant for birch than for spruce and therefore, the enzymatic digestibility showed higher
improvement in the case of birch than in the case of spruce [33,34], as it can also be observed by the
composition of the OS pretreated substrates that were used for this study.

The results of this study clearly demonstrate that there are several possible strategies that allow a
fine-tuning of the performance of the commercial enzyme mixture Celluclast® towards the production
of cellobiose. This occurs in a way meaning that there is the option of choosing between high
production yields and high purity of the obtained product. Consequently, the decision-making can be
adjusted accordingly to the purpose of the experiment. In our case, the target was the production of a
cellobiose-rich stream, as pure as possible, in order to be incorporated in products and foods with low
glycemic index. This study was a part of ForceUp Value project, funded by Vinnova, Sweden, with the
aim to provide functional products. The project’s overall approach is to utilize residual lignocellulosic
biomass, namely forest feedstocks, for the production of prebiotics to be used as health-beneficial
products for human consumption. To achieve this goal towards the production of food supplements
with low glycemic index, the focus was on producing COS with a glucose content as low as possible,
therefore all experimental design was based on that aspect. The results clearly demonstrate the
successful production of COS from birch biomass, as well as their ability to be fermented by beneficial
lactic acid bacterial species, which contributes to their prebiotic characteristic.

4. Materials and Methods

4.1. Enzymes and Substrates

For the production of cellobiose, organosolv-pretreated birch (B1: 200 ◦C for 30 min, 60% (v/v)
EtOH, 1% (w/wbiomass) H2SO4; and B2: 200 ◦C for 15 min, 60% (v/v) EtOH) and spruce (S1: 200 ◦C for
30 min, 52% (v/v) EtOH, 1% (w/wbiomass) H2SO4; and S2: 200 ◦C for 30 min, 52% (v/v) EtOH) were
used as substrates [18,19]. The compositional analysis of the materials was 77.9% (w/w) cellulose,
8.9% (w/w) hemicellulose, 7.0% (w/w) lignin for B1, 66.3% (w/w) cellulose, 22.0% (w/w) hemicellulose,
7.8% (w/w) lignin for B2 and 72.0% (w/w) cellulose, 4.0% (w/w) hemicellulose, 15.4% (w/w) lignin for
S1 and 66.0% (w/w) cellulose, 6.0% (w/w) hemicellulose, 14.9% (w/w) lignin for S2 [18,19]. Glucose
and cello-oligosaccharides (DP2-6), as well as weak acids (lactic acid, acetic acid, propionic acid) that
were used as analytical standards, were obtained from Sigma-Aldrich (St. Louis, MO, USA). Cellulase
mixture from Trichoderma reesei (Celluclast®) and conduritol-B-epoxide (1,2-anhydro-myo-inositol) was
purchased from Sigma-Aldrich.

4.2. Hydrolysis of Lignocellulosic Materials

Organosolv-pretreated birch B1 was used as a substrate for all experiments towards the
optimization of the enzymatic hydrolysis conditions. Organosolv-pretreated birch (B1, B2) and
spruce (S1, S2) were then tested as substrates to estimate the cellobiose production from different
lignocellulosic feedstocks. All enzymatic treatments took place with a commercially available cellulase
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mixture from Trichoderma reesei (Celluclast®, Sigma-Aldrich). The initial dry matter (DM) in all
experiments was 6% (w/v) and the enzyme loading was 25 or 50 mg/g substrate, as described below
for each experimental run. Enzymatic reactions were performed in safe lock microtubes at 1.5 mL
reaction volume, at 50 ◦C, under agitation of 1100 rpm. All reactions were performed in 100 mM
phosphate-citrate buffer pH 5.0 and contained 0.02% (w/v) NaN3. Conduritol-B-epoxide (Millipore,
Burlington, MA, USA) was used as a β-glucosidase inhibitor. Buffer exchange was applied at 24 h,
while the total hydrolysis time was 48 h. All trials were run in duplicates. At different time intervals
(8, 12, 24, 48 h) according to the design and purpose of each experiment, samples were taken, boiled
for 5 min for enzyme inactivation, centrifuged and the supernatant was filtered (0.22 µM pore size).
As the main reaction products were cellobiose and glucose, sugar analysis was performed by isocratic
ion-exchange chromatography, using an Aminex HPX-87H column (Bio-Rad Laboratories, Hercules,
CA, USA) with a micro-guard column at 65 ◦C as previously described [35]. The % w/w cellulose
conversion into cellobiose was calculated by following the equation below:

Cellulose conversion (%) =
C2 ∗ 1.05 ∗ 100

Csubstrate ∗% cellulose ∗ 1.1
, (1)

where the concentrations of cellobiose and initial substrate are calculated in mg/mL of reaction volume
and 1.05 is the conversion rate of cellobiose to glucose. The % w/w cellulose for each substrate is
described in Section 4.1. In case other oligosaccharides were present, the hydrolysates were analyzed
with high performance anion exchange chromatography equipped with pulsed amperometric detection
(HPAEC-PAD), as previously described [36].

4.3. Evaluation of Synergistic Effect of PcLPMO9D with Cellulases towards Cellobiose Production

Combined activity of cellulases with PcLPMO9D from Phanerochaete chrysosporium [37] towards the
production of cellobiose was evaluated. The enzyme, acting on the C1 atom of the glucose molecules
and producing lactones as oxidized products, was heterologously produced in Pichia pastoris and
purified to its homogeneity according to previously described methods and protocols [37]. The reactions
were performed with 6% (w/v) initial DM in 100 mM phosphate-citrate buffer pH 7.0, upon addition of
1.98 mM conduritol-B-epoxide, in the presence of 1 mM ascorbic acid as reducing agent, in safe lock
microtubes at 1.5 mL reaction volume, at 50 ◦C, under agitation of 1100 rpm. Control reaction was
performed with 25 mg/g of substrate Celluclast®. To test the effect of PcLPMO9D supplementation,
the aforementioned enzyme load was supplemented with 2.5 mg/g of substrate of PcLPMO9D, with the
rest of the conditions remaining the same. Another control reaction was also included, in which
Celluclast® loading was 27.5 mg/g of substrate. Hydrolysis took place for 8 h. After centrifugation and
boiling, the supernatants were filtered (0.22 µM pore size) and the released sugars were detected by
HPLC chromatography using an Aminex HPX-87H column as previously described [35].

4.4. Scale-up Hydrolysis Reaction and Product Recovery

After identifying the optimal conditions to maximize the cellobiose yield from birch biomass,
a scale-up reaction with B1 as a substrate was set up. The initial dry matter was 6% (w/v) and the
enzyme loading was 25 mg/g substrate, all suspended in 15 mM ammonium acetate buffer pH 7.0.
Ammonium acetate was selected as a sufficiently volatile salt and it was used as a buffer solution at a
low concentration in order to minimize the amount of salts in the final product. The hydrolysis total
volume was 60 mL in a 500 mL shake flask and the reaction took place at 50 ◦C, under continuous
agitation of 160 rpm, for 24 h. The hydrolysate was collected after centrifugation, filtrated with
0.22 µm pore size filter and then samples were taken for HPLC analysis for identifying and quantifying
the cellobiose and glucose content using an Aminex HPX-87H column, as previously described [35].
Then, the hydrolysate was further processed to ultrafiltration for the removal of the enzymes and
nanofiltration for the glucose removal and concentration.
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For the removal of the total protein, the hydrolysate was filtrated with a LabScale Tangential Flow
Filtration system (TFF) (Millipore, Burlington, MA, USA) with exclusion membrane size 5 kDa (Pellicon
XL Ultrafiltration Module Biomax 5 kDa, Millipore). The retentate, containing the concentrated solution
of cellulases, was maintained in 4 ◦C for further use in other hydrolysis experiments. The removal of
protein was quickly confirmed by determination of protein content with the Bradford method [38].
The permeate was then collected and applied to the nanofiltration system. Nanofiltration was employed
for the removal of glucose, conduritol and other low-molecular-weight compounds, as well as for
the concentration of birch hydrolysate. A system comprised of a HP4750 High Pressure Stirred Cell
(Sterlitech, Kent, WA, USA) and NF270 (pore size ~200–400 Da, Polyamide-TFC, Flux (GFD/psi)
72-98/130, Dow Filmtec™) was employed. A constant pressure of 10 bar was provided by filling
nitrogen gas into the cell, while temperature was set at 50 ◦C. During the nanofiltration process, samples
of the permeate and the feed solutions were taken every 15 min on average depending on the flow rate
of the permeate. At the end of the filtration, another sample was taken from the sugar mixture that was
inside of the vessel (retentate). All samples were then filtrated with 0.22 µm pore size filters and were
analyzed with HPLC chromatography using an Aminex HPX-87H column, as previously described in
order to determine the sugar content and the presence of acids originating from biomass components
(hemicellulose) or reaction conditions (buffer) [35]. The retentate was then collected, freeze-dried and
stored in a dry place until further use.

4.5. Determination of Prebiotic Potential of Birch Hydrolysate

Birch hydrolysates produced after enzymatic hydrolysis were tested by prebiotic tests in order to
identify whether they could be utilized as carbon sources and support the growth of probiotic strains.
Lactobacillus gasseri DSM 20077 was purchased from DSMZ (Braunschweig, Germany) while Lactobacillus

plantarum ATCC 8014 was from ATCC, Manassas, VA, USA. The growth medium for both Lactobacillus

strains’ stock cultures was MRS medium with cysteine (Medium 232 DSMZ). Birch hydrolysate was
tested at an initial cellobiose concentration of 2% (w/v) in MRS broth prepared at pH 6.0, in the absence
of glucose or any other carbohydrate. The obtained media was then sterilized using 0.22 µm pore size
filters. Bacteria cells grown in glucose precultures were centrifuged (4000 rpm, 10 min), collected and
resuspended in 50 mL MRS medium containing birch-derived sugars. The cultures were incubated
anaerobically, at 36 ◦C, without agitation, for a maximum of 80 h. Growth rate was monitored by
identifying the cell density at 600 nm, while sugar consumption and release of fermentation products
(lactic acid, acetic acid, etc.) were analyzed using HPLC chromatography with Aminex HPX-87H
column as described above [35]. All trials were run in duplicates. Cultures with MRS media with 2%
(w/v) cellobiose were used for comparison.

5. Conclusions

The abundance of the lignocellulosic biomass together with its ability to generate high added-value
oligosaccharides, such as those derived from the cellulose fraction, through enzymatic treatment make
it a sustainable source for the potential larger scale production of these novel food-grade ingredients.
In this study, we modified the performance of the commercially available enzyme mixture, Celluclast®,
towards the production of COS from birch biomass. The potential of the hydrolysis product to support
the growth of two Lactobacilli probiotic strains as a sole carbon source was also demonstrated.

Supplementary Materials: The following are available online at http://www.mdpi.com/2073-4344/9/11/897/s1,
Table S1: Hydrolysis yields after 24 and 48 h of hydrolysis. Cellobiose (CB) and glucose (Glu) production is
expressed in % w/w cellulose conversion. Table S2: Effect of pH and enzyme loading on the % w/w cellulose
conversion into CB and Glu. Table S3: Cellulose conversion (% w/w) to CB and Glu for different hydrolysis
time and evaluation of buffer exchange after 72 and 96 h of hydrolysis. Table S4: Effect of addition of various
concentrations of conduritol-B-epoxide at pH 7.0 on the % w/w cellulose conversion into CB and Glu. Table S5:
Effect of buffer exchange and/or supplementation with additional enzyme loading or conduritol-B-epoxide on
the cellulose conversion (% w/w) to CB and Glu. Table S6: Hydrolysis yields from birch and spruce substrates,
described as % w/w cellulose conversion into cellobiose and glucose of at pH 7.0, upon the addition of 1.98 mM
conduritol-B-epoxide, at an enzyme loading of 25 mg/g of substrate, with buffer exchange at 8 and 24 h.
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Abstract: The successful management of olive by-products constitutes a major challenge due to their
huge volume, high organic content, and toxicity. Olive-mill wastes (TPOMW) and olive pruning
residues (OLPR) were evaluated as substrates for the cultivation of Ganoderma lucidum and Pleurotus

ostreatus. Chemical composition, glucans, total phenolic content, and antioxidant activity were
measured in mushrooms, and their prebiotic potential was assessed by examining their effect on
the growth of four intestinal bacteria. Several substrates based on olive by-products had a positive
impact on P. ostreatus mushroom production, whereas only one performed adequately for G. lucidum.
Increased ratios of OLPR to wheat-straw resulted in an increase of crude protein content in P. ostreatus

fruit-bodies by up to 42%, while G. lucidum mushrooms from OLPR-based substrates exhibited an up
to three-fold increase in α-glucan, or a significant enhancement of β-glucan content, when compared
to beech sawdust (control). The mushrooms’ FTIR spectra confirmed the qualitative/quantitative
differentiation detected by standard assays. In regard to prebiotic properties, mushrooms powder
supported or even enhanced growth of both Lactobacillus acidophilus and L. gasseri after 24/48 h of
incubation. In contrast, a strain-specific pattern was observed in bifidobacteria; mushrooms hindered
Bifidobacterium bifidum growth, whereas they supported a similar-to-glucose growth for B. longum.

Keywords: olive mill waste; lignocellulosic residues; Ganoderma lucidum; Pleurotus ostreatus; medicinal
mushrooms; glucan; prebiotic; Lactobacillus; Bifidobacterium; waste valorization

1. Introduction

The particular organoleptic and nutritional properties of olive oil, in conjunction with the need
to improve human diet, have resulted at a continuous increase in olives production during the last
few decades. Nowadays, over 750 million olive trees are cultivated worldwide, 95% of which grow
in the Mediterranean region, while the global production of olive oil is projected to reach 3.1 million
metric tons in 2018/2019 (International Olive Council, http://www.internationaloliveoil.org). However,
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the cultivation of olive trees and operation of olive mills generate huge amounts of plant residues
and effluents, respectively. The annual production of pruning exceeds 15 million tons, all of which
are usually burnt on farms and result in air pollution due to aerosols rich in organic compounds [1].
Furthermore, large quantities of a highly toxic and recalcitrant sludge-like waste (known as “alperujo”)
are produced by two-phase olive oil mills [2]. Moreover, centralized alperujo treatment is not feasible in
most countries due to the olive mills’ small capacity, seasonal operation, and scattered distribution [3].

Olive by-products—especially olive-oil mill waste—have attracted scientific interest, and various
physicochemical or biological processes have been proposed for reducing their pollution load [4–7].
However, their wide-scale implementation is often technically complicated and/or not financially
viable. Hence, the adoption of innovative processes for the generation of value-added products
presents an alternative worth investigating in order to successfully exploit such wastes by reducing
their environmental impact.

Mushroom cultivation constitutes a noteworthy and sustainable practice through which
lignocellulosic residues are enzymatically biotransformed into fungal biomass with particular
nutritional and/or medicinal properties. Though cereal straw and hardwood sawdust are commonly
used as substrates for the production of most mushrooms species [8], many of them are also
cultivated on various residues, e.g., cottonseed hulls, corn cobs, sugarcane bagasse, cotton gin
trash, coffee husks, grape marc, vineyard pruning, banana straw, palm leaves, soybean stalk,
waste paper, and nut shells [9–17], as well as on olive mill wastes [18–21]. Among the most
widely appreciated mushrooms are those produced by Pleurotus ostreatus and Ganoderma lucidum.
The former (commonly known as the ‘oyster mushroom’) is the third most cultivated species
worldwide [22]. Its culinary/nutritional value and the relatively easy cultivation process has resulted
in the large spread of its cultivation over the last 20 years. Mushrooms, as well as the mycelia
of P. ostreatus, contain bioactive compounds such as polysaccharides, lectins, lipopolysaccharides,
peptides, and triterpenoids to which a plethora of medicinal properties are attributed, including
anticancer, antitumor, anti-inflammatory, immunostimulatory, and immunomodulatory activities [23].
On the other hand, G. lucidum, commonly known as the reishi mushroom, has been extensively used
as a pharmaceutical product. Over 400 chemical compounds present in G. lucidum biomass have
been classified as bioactive, including polysaccharides, proteins/peptides, steroids, sterols, and fatty
acids, which are associated to antioxidative, antiaging, antifatigue, hypoglycemic, immunomodulating,
anti-inflammatory, antitumor, antibacterial, antiviral, hypolipidemic, sleep regulating, and analgesic
properties [23,24]. Furthermore, both P. ostreatus and G. lucidum have demonstrated promising prebiotic
properties, possibly due to their indigestible polysaccharides and, particularly, β-glucan content [25,26].

Fungal (mushroom) polysaccharides comprise chitin, α- and β-glucans, mannans, xylans,
and galactans; they are mainly found as linear and branched glucans with various glycosidic linkages,
e.g., (1→3), (1→6)-β-glucans, and (1→3)-α-glucans, while some contain arabinose, glucuronic acid,
galactose, mannose, xylose, or ribose [27]. Glucans, in particular, have deservedly earned much
attention thanks to their exceptional but not yet fully understood immunobiological activity [28].
Their presence in several mushroom species has been associated with various functional and medicinal
properties [29–33].

The nutritional composition of mushrooms, as well as their content in various bioactive ingredients,
are differentiated quantitatively and qualitatively depending on the strain, cultivation conditions,
and substrate used, as previously demonstrated with Cyclocybe cylindracea, Hericium erinaceus,

and Pleurotus spp. [10,18,19,34,35]. In general, it has been shown that the addition of materials
rich in phenolic and antioxidant compounds in cultivation substrates of the aforementioned species
lead to a significant increase in the respective components in fruit-bodies. However, no data exist
about the cultivation of G. lucidum on olive by-products/wastes or in regard to the effect of production
substrates on mushroom composition and functional properties. In addition, very limited information
is available on the prebiotic properties of lyophilized mushroom powder deriving from different
species, cultivation processes, and media [25].
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In the frame of the present study, the suitability of olive mill wastes and olive cultivation residues
(in comparison to commonly/widely used substrates) for the production of G. lucidum and P. ostreatus

mushrooms was examined. In addition to cultivation parameters, both the crude composition and
the content of fruit-bodies in selected bioactive compounds were evaluated, and the effect of various
substrates was assessed. Finally, the prebiotic potential of mushrooms was investigated in vitro based
on selected intestinal microbial strains cultivation.

2. Results and Discussion

2.1. Initial Assessment of Substrates for Fungal Growth

The first part of this study aimed at determining the growth of G. lucidum and P. ostreatus in
substrates consisting of olive pruning residues (OLPR) and two-phase olive mill wastes (TPOMW)
in various mixtures with each other or with beech sawdust (BS) and wheat straw (WS), respectively.
The growth rate of G. lucidum was significantly higher on BS as compared to all other substrates
(Figure 1). In general, values in ‘race tubes’ containing up to 50% OLPR were comparable to those
measured in 50% TPOMW. Increasing the OLPR content led to significant decrease in growth rates,
while mixtures of OLPR and TPOMW were the worst performing media and were excluded from
further experiments. In the case of P. ostreatus, the control (WS) and the WS:TPOMW 3:1 substrate
equally supported mycelium growth; however, growth rates were significantly reduced when TPOMW
or OLPR were added at a ratio of 50% or higher (Figure 1). It is worth mentioning that the three ratios
of OLPR to WS did not differ significantly, whereas the OLPR substrate alone, as well as the OLPR and
TPOMW mixtures, showed relatively low growth rates.

 
Figure 1. Mycelium growth rates of (a) Ganoderma lucidum and (b) Pleurotus ostreatus during the
colonization of nine substrates prepared on the basis of three main ingredients (BS: Beech sawdust,
WS: Wheat straw, TPOMW: Two-phase olive mill waste, and OLPR: Olive pruning residues) and their
various mixtures as estimated in “race” tube experiments. Values (cm day-1) are expressed as means ±
standard errors of means, n = 4. A lack of letters in common indicates statistically significant differences
(Gabriel’s t-test, p < 0.05) for comparisons of treatment means between different substrates.

Hence, the outcome of this initial assessment revealed that increasing amounts of TPOMW
in substrates retarded mycelium growth due to the elevated toxicity exerted mainly by the higher
polyphenolic content. This effect was more pronounced for G. lucidum, while similar behavior was
noted in OLPR-based media for both species examined. Especially in regard to P. ostreatus, a reduction
of growth was only observed when olive by-products were used at high ratios. Such results are in
accordance to earlier findings, where the addition of composted (or not) TPOMW at a ratio of up to
20% in substrates of several Pleurotus species (including P. ostreatus) contributed to a growth increase,
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which was adversely affected when TPOMW exceeded 40% [21]. However, the fungal growth response
to the nature of substrates also depends on the species examined. Thus, and in contrast to what
was observed in the present study for G. lucidum, H. erinaceus strains showed satisfactory growth
in substrates containing OLPR or TPOMW, exceeding, in most cases, the values obtained by the BS
control [18].

2.2. Evaluation of TPOMW- and OLPR-Based Substrates for Mushroom Cultivation

Previously obtained results led to the elimination of the worst performing substrates. Thus,
OLPR 25%, 50%, and 75%, and TPOMW 25% and 50%, in mixtures with the conventional substrates
(i.e., BS for G. lucidum and WS for P. ostreatus; BS or WS alone were also used as controls for each species)
were further examined in regard to their suitability to support mushroom production in comparison to
the control substrates.

G. lucidum completed incubation within 26–33 days in most of the substrates examined, but it
performed significantly slower on BS and BS:OLPR 3:1 (up to 43 days; Table 1). In contrast, these two
particular substrates (BS and BS:OLPR 3:1) provided the best earliness (time required for the appearance
of mushroom primordia) values (45 to 46 days), while the rest were notably slower, in particular
those containing TPOMW (77–84 days). Total yield ranged from 19 to 275 g, and the corresponding
biological efficiency (BE; i.e., fresh weight of mushrooms produced over the dry weight of the substrate)
values varied from 5 to 61% (Table 1). The control substrate (BS) provided significant higher values in
respect to the other treatments, while only BS:OLPR 3:1 exhibited a satisfactory performance among all
substrates containing olive by-products.

Table 1. Mushroom cultivation parameters for Ganoderma lucidum and Pleurotus ostreatus in six substrates
consisting of beech sawdust (BS), wheat straw (WS), two-phase olive mill waste (TPOMW), and olive
pruning residues (OLPR) in various mixtures (w/w). Values are expressed are means ± standard
deviation of means, n = 4. Lack of superscript letters in common indicates statistically significant
differences (Gabriel’s t-test, p < 0.05) for comparisons between substrates.

Ganoderma lucidum

BS
BS:OLPR

3:1
BS:OLPR

1:1
BS:OLPR

1:3
BS:TPOMW

3:1
BS:TPOMW

1:1

Incubation period (days) 43.00 ± 0.00a 43.00 ± 0.00a 26.33 ± 0.67c 31.25 ± 0.63b 33.00 ± 1.16b 26.33 ± 0.67c

Earliness
(days) 45.75 ± 0.25b 45.00 ± 3.68b 52.75 ± 4.50ab 63.67 ± 15.50ab 77.00 ± 18.54a 83.50 ± 19.50a

Total yield
(g) 275.22 ± 14.48a 193.42 ± 13.52b 61.46 ± 10.8c 19.10 ± 8.3d 36.10 ± 14.47cd 61.46 ± 10.84c

Biological efficiency (%) 61.24 ± 3.22a 40.24 ± 2.81b 20.52 ± 3.62c 4.54 ± 1.97d 12.05 ± 4.83c 20.52 ± 3.62c

Pleurotus ostreatus

WS
WS:OLPR

3:1
WS:OLPR

1:1
WS:OLPR

1:3
WS:TPOMW

3:1
WS:TPOMW

1:1

Incubation period (days) 26.00 ± 0.00c 28.00 ± 0.33b 30.67 ± 2.33ab 36.47 ± 2.19a 25.00 ± 0.00d 27.00 ± 0.00b

Earliness
(days) 40.67 ± 4.81bc 37.25 ± 1.53c 41.27 ± 1.16bc 46.00 ± 2.00b 40.50 ± 1.44bc 58.67 ± 5.55a

Total yield
(g) 215.87 ± 15.43a 263.84 ± 46.40a 255.72 ± 28.04a 134.87 ± 4.82b 220.75 ± 3.17a 256.87 ± 44.34a

Biological efficiency (%) 77.26 ± 5.52a 82.60 ± 14.53a 56.79 ± 6.23b 39.73 ± 1.42c 73.68 ± 1.06a 71.33 ± 12.31ab

The use of hardwood sawdust or cereal straw, cotton seed husk, and corn cobs is common in the
commercial production of G. lucidum [36–38]. However, the highly increased market demand during
the last twenty years led to the exploitation of several other substrates, which demonstrated an increase
in BE of up to 40% by replacing part of the sawdust by residues such as stillage grain from rice-spirit
distilleries or tea wastes [39,40]. An even higher increase (up to 75%) in BE was reported on substrates
consisting of maize straw supplemented with wheat and maize bran [41]. Olive by-products were
evaluated for the first time as substrates in G. lucidum cultivation. Though the BS (control) performed
notably better than the other media tested, BS:OLPR 3:1 showed that it is a promising alternative
substrate (worth examining in future experiments with additional strains to assess their potential
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suitability) in G. lucidum mushroom production since it supported relatively high yields with very
satisfactory earliness values.

On the other hand, P. ostreatus colonized most substrates within 26–28 days, but ratios of OLPR
exceeding 50% (w/w, in respect to WS) delayed substrate colonization by up to 10 days (Table 1).
Significant differences were observed in regard to earliness in P. ostreatus; mushroom appearance
required the most time in WS:OLPR 3:1 (46 days) and WS:TPOMW 1:1 (59 days), whereas primordia
formation was noted within 37–41 days in the other treatments examined (Table 1). The evaluation of
yield and BE for P. ostreatus evidenced that the supplementation of the conventional substrate with
OLPR or TPOMW up to 50% had a positive impact on mushroom performance, i.e., an increase in
yield ranging from 5 to 49 g kg−1 and BE enhancement by up to 5.5% (Table 1). It is noteworthy that
only WS:OLPR 1:3 presented a markedly negative effect on P. ostreatus mushroom production.

Hence, most of the substrates based on olive by-products supported similar or even better
performance in P. ostreatus when compared to the control (WS). Both WS:OLPR and WS:TPOMW
mixtures performed well, since BE reached 83% and 74%, respectively. This is in agreement with the
outcome of previous pertinent studies reporting that addition of TPOMW in rather low ratios (20% w/w)
resulted in improved P. ostreatus mushroom production (by up to 30%), while a further increase could be
achieved only after supplementation with composted TPOMW due to the reduced toxicity and higher
nutrient availability [21]. In general, the use of different fungal strains in combination with the high
variation in the physicochemical properties of olive by-products, which are much affected by soil and
climatic conditions, variety, and olive oil extraction process [42,43], results in a considerable variability
in the values of mushroom cultivation parameters when such materials are used as substrates, e.g., BE:
50–137% for P. ostreatus cultivated on—supplemented or not—olive by-products [10,15,19,21,44].

2.3. Assessment of Nutritional Composition of Mushrooms Produced on Olive By-Products

In the frame of the present study, the outcome of proximate analysis on G. lucidum mushrooms
revealed that the main ingredients (with the exception of crude fat) differed—albeit not always
significantly—among fruit-bodies cultivated on various substrates (Table 2). In general, it was observed
that mushrooms grown on the control (BS) contained less ash and protein compared to most of those
produced on other substrates, while mushrooms from BS:OLPR 1:3 showed the highest content (Table 2).
Of additional interest was the significantly higher content in crude fibers detected in fruit-bodies
formed on BS:OLPR 3:1 (62 g kg−1 d.w.). In addition, no significant differences were noted when crude
fat values were compared among treatments. In the case of P. ostreatus, the addition of OLPR to WS
(i.e., from plain WS to WS:OLPR 1:3) resulted in a progressive reduction in ash, crude fat, and fiber
content, as well as in an increase of crude protein content by up to 42% (WS versus WS:OLPR 1:3).
Furthermore, small variations were detected in total carbohydrates and gross energy content of both
mushroom species.

In general, variations noted in mushroom composition were linked to the use of different substrates,
e.g., the increases in ash and protein content of mushrooms were associated with high ratios of TPOMW,
which could be attributed to its higher concentration in metals and nitrogen, respectively [21,43].
This outcome is in accordance to previous results obtained in P. ostreatus produced on paper scraps [45]
or after the supplementation of wood-based substrates of G lucidum with tea waste (which is richer
than sawdust in nitrogen and minerals [39]). Moreover, a significantly higher protein content was
detected in cultivated mushrooms growing on substrates rich in nitrogen, e.g., spent beer grains
supplemented with bran, wheat straw mixed with sugar beet, olive leaves mixed with TPOMW for
P. ostreatus [10,46,47], beech sawdust supplemented with wheat bran for Hericium americanum [48],
or wheat straw amended with poultry manure or rolled oats and soybean flour for C. cylindracea [49,50].
Therefore, nitrogen supplementation, apart of improving mushroom yield, also contributes at obtaining
a final product with an elevated protein content.
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Table 2. Crude composition and bioactive compounds content in Ganoderma lucidum and Pleurotus

ostreatus mushrooms cultivated in six substrates consisting of beech sawdust (BS); wheat straw (WS);
two-phase olive mill waste (TPOMW), and olive pruning residues (OLPR) in various mixtures. Values
are in g kg−1 d.w., except of gross energy (kcal 100 g−1 d.w.), total phenolics (mg gallic acid equivalents
per g d.w.), antiradical activity (mmol Trolox equivalents per g d.w.), and reducing power (mmol Trolox
equivalents per g d.w.), and are expressed as means ± standard deviation of means, n = 4. Lack of
superscript letters in common indicates statistically significant differences (Gabriel’s t-test, p < 0.05) for
comparisons of treatment means between substrates.

Ganoderma lucidum

BS
BS:OLPR

3:1
BS:OLPR

1:1
BS:OLPR

1:3
BS:TPOMW

3:1
BS:TPOMW

1:1

Ash 3.10 ± 0.08c 3.08 ± 0.12c 3.41 ± 0.33c 5.20 ± 0.32a 3.68 ± 0.07bc 4.26 ± 0.18b

Crude fiber 47.93 ± 1.86b 62.48 ± 1.18a 43.80 ± 2.02b 21.57 ± 9.66c 52.89 ± 3.77ab 49.34 ± 1.56b

Crude fat 2.21 ± 0.08a 2.45 ± 0.05a 2.03 ± 0.49a 2.04 ± 0.50a 1.56 ± 0.52a 1.10 ± 0.12a

Crude protein 16.84 ± 0.62bc 17.06 ± 0.15bc 15.28 ± 0.55c 23.25 ± 4.08abc 18.85 ± 0.55ab 22.21 ± 0.79a

T. carbohydrates 77.86 ± 1.05a 77.41 ± 2.07a 79.28 ± 3.47a 69.52 ± 3.29b 75.92 ± 1.85a 72.44 ± 1.38ab

Gross energy 399 ± 13a 400 ± 17a 397 ± 4a 389 ± 11a 393 ± 2a 388 ± 3a

α-glucan 2.09 ± 0.48b 1.68 ± 0.68b 6.84 ± 1.99a 6.22 ± 2.27a 3.08 ± 1.38ab 3.87 ± 0.30ab

β-glucan 35.83 ± 2.05a 43.10 ± 6.38a 35.06 ± 5.14a 31.27 ± 6.19a 34.72 ± 1.03a 32.87 ± 2.00a

Total phenolics 3.25 ± 0.09b 4.23 ± 0.27a 3.89 ± 1.15ab 4.02 ± 0.51a 2.98 ± 0.31b 2.99 ± 0.32b

Antiradical activity 8.49 ± 1.32a 9.56 ± 0.41a 8.46 ± 1.05a 10.41 ± 1.37a 7.18 ± 2.78a 6.37 ± 0.72a

Reducing power 12.99 ± 1.95b 13.96 ± 0.41b 18.90 ± 0.89a 13.76 ± 4.88ab 12.93 ± 3.82b 13.26 ± 3.93b

Pleurotus ostreatus

WS
WS:OLPR

3:1
WS:OLPR

1:1
WS:OLPR

1:3
WS:TPOMW

3:1
WS:TPOMW

1:1

Ash 8.49 ± 0.82a 7.95 ± 0.10a 6.49 ± 0.14b 6.32 ± 0.45b 8.99 ± 0.03a 9.42 ± 1.90a

Crude fiber 18.99 ± 1.97a 17.16 ± 1.24a 16.54 ± 1.94a 14.01 ± 1.34ab 15.47 ± 1.13ab 12.97 ± 2.44b

Crude fat 2.54 ± 0.17a 2.47 ± 0.14a 1.87 ± 0.04b 1.62 ± 0.21b 2.74 ± 0.17a 2.70 ± 0.21a

Crude protein 15.22 ± 1.29c 16.00 ± 0.37c 19.88 ± 2.34a 21.54 ± 0.24a 17.08 ± 0.58b 19.32 ± 0.24ab

T. carbohydrates 73.75 ± 2.81a 73.58 ± 4.27a 71.76 ± 0.87a 70.52 ± 1.46a 71.19 ± 0.98a 68.56 ± 3.64a

Gross energy 379 ± 5a 381 ± 14a 383 ± 2a 383 ± 9a 378 ± 4a 376 ± 9a

α-glucan 8.75 ± 0.37a 7.25 ± 1.98a 6.32 ± 2.07a 5.69 ± 2.40a 6.00 ± 1.14a 2.17 ± 0.58b

β-glucan 30.64 ± 2.45a 28.02 ± 1.61a 28.87 ± 3.45a 25.58 ± 0.21a 31.49 ± 0.43a 29.56 ± 2.42a

Total phenolics 2.01 ± 0.11c 3.09 ± 0.34a 2.73 ± 0.17ab 2.57 ± 0.27b 2.81 ± 0.24a 2.99 ± 0.34a

Antiradical activity 2.49 ± 0.14b 3.79 ± 0.47ab 2.81 ± 0.57b 5.59 ± 1.21a 3.27 ± 0.43ab 4.68 ± 0.67a

Reducing power 5.78 ± 0.88a 6.69 ± 1.27a 6.85 ± 1.39a 5.55 ± 0.22a 3.47 ± 0.27b 3.94 ± 0.04b

In regard to glucans, G. lucidum generally presented lower content in α-glucan (1.7–6.8%) and
higher content in β-glucan (31.3–43.1%) than P. ostreatus (2.2–8.8% and 25.6–31.5%, respectively)
(Table 2). In terms of α-glucan content, the use of olive by-products exhibited opposite effects on the
two species studied. Hence, the addition of OLPR to BS at ratios exceeding 50% resulted in a three-fold
increase in α-glucan content in G. lucidum (i.e., BS versus BS:OLPR 1:3), whereas the opposite was
noted in P. ostreatus mushrooms, where increased ratios of the control substrate (WS) favored higher
content in α-glucan (8.75% in WS versus. 6.32% and 2.17% in WS:OLPR 1:1 and WS:TPOMW 1:1,
respectively). In regard to β-glucans, high content was found in fruit-bodies, while a notable increase
(by 20% reaching up to a total of 43%) was recorded in G. lucidum mushrooms when cultivated in a
BS:OLPR 3:1 substrate (versus the control, BS). However, no significant differences were recorded,
which can be attributed to the high variability observed among replicates in BS:OLPR treatments.
On the other hand, a similar content in β-glucans (26–31%) was found in P. ostreatus fruit-bodies
produced in different substrates.

To the best of our knowledge, no data are available concerning qualitative and quantitative
variation in mushroom glucans production when different cultivation substrates are used. This is
the first time that glucans have been comparatively evaluated in G. lucidum fruit-bodies produced on
various substrates. Results revealed that the nature of substrate significantly affects relative content
in glucans structural types (α- and β- glucan). In addition, G. lucidum fruit-bodies were shown to be
among the richest in β-glucan content (i.e., 31–43%) when compared to a wide range of mushrooms
from various species previously examined [51]. A similar enhancement in β-glucans content in
mushrooms cultivated on olive by-products was reported in H. erinaceus and Pleurotus spp. [18,19] and
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was attributed to the activation of β-glucan synthase due to the toxicity of olive mill by-products [52].
Studies using soy residues [53,54] or wheat straw [55] also showed that the glucan content in G. lucidum

is affected by the substrate composition, which, in turn, has an impact on the antimicrobial, antioxidant,
and cytotoxic properties of mushroom extracts.

In general, higher concentrations of total phenolics (TPC) and antioxidant activity were recorded
in G. lucidum mushrooms in respect to P. ostreatus (Table 2). Fruit-bodies of both species demonstrated
significant increase in TPC when produced on substrates containing OLPR, i.e., by up to 30% and 54%
for G. lucidum and P. ostreatus, respectively (as compared to TPC content in fruit-bodies cultivated in
BS and WS, respectively). In contrast, the addition of TPOMW in substrates resulted in TPC increase in
P. ostreatus mushrooms only, indicating that such interactions also depend on the fungal species used.

Similar trends were observed for the antioxidant activity of fruit-bodies (Table 2). G. lucidum

mushrooms exhibited increased antiradical activity and reducing power values in BS:OLPR substrates
only (significantly different in the case of reducing power, i.e., up to 45% higher than the control). On the
other hand, P. ostreatus mushrooms showed higher values for antiradical activity only; the respective
values in fruit-bodies from olive-based by-products were more than double in respect to the those
obtained from the control substrate. Finally, a statistical analysis of the results showed that a significant
correlation between TPC and antioxidant activity in P. ostreatus only (r = 0.87 for TPC versus antiradical
activity, and r = 0.45 for TPC versus reducing power, p < 0.05), demonstrating that phenolics are
among the main antioxidant compounds in Pleurotus mushrooms. An increase in total phenolics
concentration, which was also assessed for Pleurotus eryngii, P. nebrodensis, and H. erinaceus [18,19],
seems to be associated with the selective absorption of substrates’ organic components—including
phenolic and terpenic compounds—by several cultivated mushrooms, and it is closely associated with
elevated antioxidant activities [19].

2.4. Fourier Transform Infrared (FTIR) Analysis

The analysis of the recorded FTIR spectra revealed a notable/extended variation in G. lucidum

mushrooms produced in different substrates as opposed to P. ostreatus mushrooms, where differences
in spectra were mostly observed in the region 1800–400 cm−1 (Figure 2). In both species, differences
were mainly related to the quantitative changes of compounds present in mushrooms which were
consequently associated with the respective region vibrations (Figure 3). The spectral regions
at 1670–1610, 1550, and 1240 cm−1 are related to the C=O stretching (Amide I band), N–H
in-plane/C–N stretching (Amide II band), and C–N stretching (Amide III band) of proteins, respectively,
and demonstrate that G. lucidum fruit-bodies contains higher amounts of protein than those of
P. ostreatus, which is in general agreement with measurements of crude protein content (Table 2).
In addition, since the region 1180–1000 cm−1 could provide information regarding the C–O stretching
vibration in polysaccharides and the PO−2 stretching (1080 cm−1) of phospholipids [56], our results
demonstrated that G. lucidum mushrooms show a higher carbohydrates content (at 1160 cm−1) than
P. ostreatus, which is also in accordance to the crude carbohydrates content measured (Table 2).
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Figure 2. FTIR spectra of (a) Ganoderma lucidum and (b) Pleurotus ostreatus mushrooms produced on
different substrates (and their mixtures), i.e., BS: Beech sawdust, WS: Wheat straw, TPOMW: Two-phase
olive mill waste, and OLPR: Olive pruning residues.

 
Figure 3. Spectroscopic comparison of samples from Ganoderma lucidum and Pleurotus ostreatus

mushrooms produced on (a) control substrate (BS and WS, respectively), (b) mixture of control substrate
and olive pruning (BS:OLPR 1:1 and WS:OLPR 1:1), and (c) mixture of control substrate and two-phase
olive-mill waste (BS:TPOMW 1:1 and WS:TPOMW 1:1).
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A comparison between the different substrates of each species was also performed in
order to examine the effect of each substrate on mushroom content in compounds of interest.
The region 950–750 cm−1 provides information regarding the anomeric region of glucans (Figure 4);
more specifically, the region at 890 cm−1 for the C–H deformation inβ-glucans and the regions at 930 and
850 cm−1 for the asymmetric ring vibration and the C–H deformation in α-glucans, respectively [56,57].
In regard to glucans, G. lucidum mushroom spectra corresponding to different substrates were in close
agreement with the respective content measured by the commercial kit (Table 2). Moreover, due the
very low content in α-glucans in most of G. lucidum treatments, the peaks related to the α-anomeric
structure of glucans were almost absent. However, the ability of FTIR to detect the two substrates
(i.e., BS:OLPR 1:1 and BS:OLPR 1:3) that produced mushrooms with relatively higher content in
α-glucan was noteworthy. On the other hand, β-glucan in P. ostreatus mushrooms was marginally
detected, mostly due to the very similar content in β-glucans among treatments and the high—in some
cases—standard deviation between replicates in the same treatment. Nevertheless, α-glucan region
absorption intensities in P. ostreatus followed the previously measured α-glucan content (Table 2).
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Figure 4. Glucans and recorded spectra by diffuse reflectance infrared Fourier transform (DRIFT)
spectroscopy in the region 950–800 cm−1 of (a) Ganoderma lucidum and (b) Pleurotus ostreatus mushrooms
produced on different substrates (BS: Beech sawdust, WS: Wheat straw, TPOMW: Two-phase olive mill
waste, and OLPR: Olive pruning residues).

Information regarding lipids in cell membranes of mushrooms can be obtained through the FTIR
spectrum in three regions and originates from various types of molecular vibrations: (i) The acyl chain
vibrations (i.e., CH3 and CH2 asymmetric and symmetric stretching vibrations, as well as CH2 bending
and rocking vibrations), (ii) the headgroup vibrations (i.e., PO−2 stretching vibration), and (iii) the
interface regions (i.e., C=O stretching vibration) [56]. However, due to the high content in a wide range
of organic compounds, which results in an extended peak overlapping, information regarding the
lipid/fat content of the produced mushrooms could be acquired from the region 3000–2750 cm−1, and,
more specifically, by the peaks at 2930 and 2880 cm−1 corresponding to the CH2 asymmetric and CH3

symmetric stretching of acyl chain respectively (Figure 5). For both mushroom species, peak intensity
seems to follow the measured crude fat of mushrooms from different substrates (Table 2). However,
some differences can be observed, probably due to the very similar fat content of the mushrooms
from different treatments and the relatively high standard deviation observed among replicates within
individual treatment (Table 2).

Finally, little information could be acquired regarding the phenolic content (and consequently the
antioxidant activity) of mushrooms from the recorded spectra. The characteristic regions for phenolic
compounds, e.g., 1670–1600 cm−1 for the carbonyl vibration [56], are related to proteinic, phenolic,
and flavonoid carbonyl, and, therefore, the recorded FTIR intensities in this region cannot be associated
with an individual group of compounds.
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Figure 5. Acyl chain vibration of lipids and recorded DRIFT spectra in the region 3000–2750 cm−1 of
(a) Ganoderma lucidum and (b) Pleurotus ostreatus mushrooms produced on different substrates (BS:
Beech sawdust, WS: Wheat straw, TPOMW: Two-phase olive mill waste, and OLPR: Olive pruning
residues).

2.5. Evaluation of Prebiotic Potential of G. lucidum and P. ostreatus Mushrooms

In the present work, the growth of four intestinal bacterial isolates (Lactobacillus acidophilus,
L. gasseri, Bifidobacterium bifidum, and B. longum) was studied by using lyophilized powder from two
edible/medicinal mushrooms (P. ostreatus and G. lucidum) deriving from different substrates as the
sole carbon source. No significant differences were observed in initial inocula (t = 0) of each of the
four bacterial strains among all tested substrates (Figure 6a–d). In the case of lactobacilli, mushrooms
supported a comparable-to-glucose bacterial growth of both strains after 24 h of incubation (Figure 6a,b),
and of L. gasseri strain after 48 h of incubation (Figure 6b). Interestingly, in the case of L. acidophilus,
mushrooms of P. ostreatus (from all tested substrates) and G. lucidum (from BS:OLRP 1:1) induced a
significant increase in bacterial levels compared to glucose after 48 h of incubation, while the rest of
G. lucidum treatments exhibited similar growth levels compared to standard medium (Figure 6a).

The potential lactogenic effect of polysaccharide extracts from several Pleurotus spp.
(e.g., P. ostreatus, P. eryngii, P. citrinopileatus, and P. salmoneo-stramineus) has been previously
reported [30,58]. Furthermore, the growth of lactobacilli strains was supported by extracts of G. lucidum

based on in vitro fermentation models [26,59,60] and animal studies [31,61]. The previously reported
induction of Lactobacillus spp. growth by P. ostreatus and G. lucidum polysaccharides was also evident
in the present work based on lyophilized samples of entire fruit-bodies. Our results were also in line
with the fact that, in some cases, the growth rates of lactobacilli in mushroom extracts were higher
than those of bifidobacteria, which is probably related to the more efficient fermentation profile of
Lactobacillus spp. [26,58].

A more differentiated, strain-specific pattern of bacterial growth was observed in the case of
bifidobacteria after 24 h and 48 h of incubation (Figure 6c,d). In detail, all mushroom treatments used
as the sole carbon source-induced growth of B. longum within 24 h, similar to that of glucose control;
moreover, this effect was also evident only in the case of G. lucidum cultured in BS:OLRP 1:1 or BS
after a 48 h cultivation of B. longum (Figure 6d). In contrast, the growth of B. bifidum was significantly
hindered in all mushroom substrates after 24 h and 48 h of incubation, with a more drastic effect
(i.e., undetectable bacterial levels at both time points) observed in the case of G. lucidum in BS:TPOMW
1:1. Furthermore, no detectable growth of B. bifidum was recorded in G. lucidum BS:OLRP 1:1 and
P. ostreatus WS:TPOMW 1:1 after 48 h of incubation (Figure 6c).

In the past, probiotic strains of Bifidobacterium spp. (e.g., B. longum, B. pseudocatenulatum) were
used in order to determine the prebiotic capacity of extracts from G. lucidum [26,59,60] and Pleurotus

spp. [30,58]. B. bifidum was tested for the first time as an indicator of mushroom prebiotic activity in the
present study. In vitro and animal-based data have suggested the bifidogenic potential of G. lucidum
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and Pleurotus spp. extracts, with an emphasis in the marked variability of the effect exerted by the
bacterial strain and by differences in the chemical structure of polysaccharides [58–60]. The strain
and substrate specific effects on bifidobacterial growth were also evident in our study, implying that
the biological potency of the tested mushrooms could be modified by regulating the formulation
of their cultivation substrate to meet the nutritional requirements of the probiotic strains examined.
In line with previous data [26], our results suggested a short period of enhanced B. longum growth
for both mushrooms, with a more prolonged bacterial growth, especially in the case of G. lucidum

BS:OLRP. This result could be attributed to the presence of simple sugars (e.g., glucose) that are rapidly
consumed by bifidobacteria and the substrate-dependent variation in the polysaccharides content of
mushrooms [26,62]. In contrast, the B. bifidum growth on de Man Rogosa and Sharpe (MRS) culture
medium was significantly higher compared to mushroom-based substrates in all cases, indicating that
the latter were not suitable for this particular probiotic microorganism.

−

 

Figure 6. Populations of (a) L. acidophilus, (b) L. gasseri, (c) B. bifidum, and (d) B. longum at inoculation
(T0) and after 24 and 48 h of incubation, which were grown on lyophilized G. lucidum and P. ostreatus

mushroom powder as the sole carbon source. Mushrooms were cultivated on conventional substrates
(BS and WS for G. lucidum and P. ostreatus, respectively) and on mixtures with two phase olive mill wastes
(TPOMW) and olive tree pruning (OLPR). Columns represent means of bacterial populations (log10 CFU
mL-1) ± standard errors of means, (n = 4). A lack of letters in common indicates statistically significant
differences (Duncan’s t-test, p < 0.05) for comparisons of treatment means between different substrates.

3. Materials and Methods

3.1. Biological Material

In the frame of this study, G. lucidum LGAM 9720 and P. ostreatus LGAM 1123 strains were
examined. Both strains were previously isolated from the wild (Greece), were routinely maintained
on potato dextrose agar (PDA; Conda, Spain), and were preserved in agar slants and as submerged
cultures at 4 ◦C in the fungal Culture Collection of Laboratory of General and Agricultural Microbiology
(Agricultural University of Athens, Athens, Greece).
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3.2. Substrates for Fungal Growth—Determination of Mycelium Growth Rates

The suitability of the following media (mainly composed of olive-based by-products) to serve as
substrates for fungal growth was evaluated: (i) Olive pruning residues (OLPR) were used alone or in
mixtures with beech sawdust (BS) for G. lucidum or with wheat straw (WS) for P. ostreatus in ratios of 25,
50, and 75% (w/w, f.w.); (ii) two phase olive mill waste (TPOMW) and BS or WS were mixed as in case
(i); and (iii) TPOMW was mixed with OLPR in ratios of 25 and 50% (w/w, f.w.); BS and WS alone were
used as controls, while the moisture content of the substrates was 52–65%. Olive based by-products
were obtained from an olive mill in Kalamata (Peloponnese, southwest Greece), while WS and BS
were derived from a wood processing industry in Athens and a mushroom cultivation farm in Evvoia
(central Greece), respectively. Glass ‘race tubes’ (200 × 30 mm) were filled with the aforementioned
substrates, sterilized (121 ◦C, 1.1 atm, 1 h) and then inoculated with a 6 mm diameter agar plug taken
from the actively growing periphery of G. lucidum or P. ostreatus developing on a Petri dish with PDA.
Fungal growth took place in an incubation chamber at 25 ◦C in the dark. Mycelium growth was
recorded daily until the substrate was completely colonized, and linear growth rates were calculated
as previously described [63].

3.3. Mushroom Cultivation Substrates—Assessment of Production Parameters

On the basis of the results obtained through the comparative assessment of mycelium growth
rates in ‘race tubes’ containing the substrates initially tested, five mixtures were selected for further
examination in respect to mushroom production (i.e., BS or WS with OLPR in ratios of 3:1, 1:1, and 1:3,
and BS or WS in mixtures with TPOMW in ratios of 3:1 and 1:1); BS and WS substrates were used as
controls for G. lucidum and P. ostreatus, respectively.

For the inoculation of mushroom cultivation substrates, cereal grain spawn was prepared according
to method previously described [15]. Then, polypropylene autoclavable bags were filled with 1 kg of
substrate (moisture content: 50–68%), sterilized (121 ◦C, 1.1 atm, 1 h), and inoculated with spawn at a
5% w/w rate. Four replicates per substrate and strain were used. The incubation of substrates was
performed at 25 ◦C in the dark; for primordia formation, the temperature and relative air humidity
were set at 16 ◦C and 95%, respectively, and illumination was provided (700 lux m−2, 12h day−1 with
fluorescent lamps). As soon as primordia were formed, the CO2 level was maintained at 800–1000 ppm,
the temperature and relative humidity were set at 18 ◦C and 85%, respectively, and illumination was
increased to 1000 lux m−2.

To evaluate the suitability of different substrates for supporting mushroom production,
the following parameters were studied: (i) Incubation time, defined as the time between inoculation
and complete colonization of the substrate by fungal hyphae; (ii) earliness, defined as the time elapsed
between the day of inoculation and the day of primordia appearance, (iii) total yield, expressed as
fresh weight of mushrooms harvested; and (iv) biological efficiency, calculated as the percentage ratio
of fresh mushroom weight over the dry weight of the substrate. The entire cropping period lasted 90
and 120 days for P. ostreatus and G. lucidum, respectively.

Following harvest, P. ostreatus and G. lucidum mushrooms were freeze-dried in a Telstar Cryodos
apparatus and milled to fine powder. Pertinent samples were stored at −20 ◦C until subjected
to analyses.

3.4. Chemical Analysis of Mushrooms

Ash, crude fiber and crude fat were determined according to methods described by the Association
of Official Agricultural Chemists, AOAC International [64]. Nitrogen content was assessed by a CHN
elemental analyzer (Carlo Erba, EA1108, Isomass Scientific Inc., Calgary, Canada), and crude protein
was calculated by employing the converting factor 4.38 [10]. Nitrogen-free extracts (total carbohydrates)
were estimated by the formula: 100 − (moisture + protein + fat + ash contents), and gross energy (kcal
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100 g−1 f.w.) was calculated according to the equation: Energy = 4 × (g protein + g carbohydrate) + 9 ×
(g fat) [65].

The Mushroom and Yeast Beta-Glucan assay kit (Megazyme Int., Bray, Ireland) was used for the
determination of total and α-glucans content in mushroom samples according to the manufacturer’s
instructions. The content of β- glucans was calculated by subtracting α-glucans from total glucans.

3.5. Measurement of Total Phenolic Content and Antioxidant Activity of Mushrooms Methanolic Extracts

Methanolic extracts were prepared as previously described [66]. In detail, 0.5 g of freeze-dried
mushroom samples were extracted with 10 mL of methanol (48 h, 100 rpm at room temperature).
Separation was performed by centrifugation in 2500 rpm (10 min), and the precipitate was re-extracted
with 2.5 mL of the same solvent for 2 h. Then, the two supernatants were combined, concentrated to
2 mL, and maintained in GS vials tubes in deep freeze. The determination of total phenolic content (TPC)
was carried out by the Folin–Ciocalteu method [67]. The antioxidant activity of methanolic extracts
were determined as previously described [68] by measuring (i) the radical scavenging activity through
the use of the stable free radical molecule DPPH and (ii) the reducing antioxidant potential through the
ferric ion reduction activity power (FRAP). The antioxidant activity of mushroom methanolic extracts
was evaluated in terms of radical scavenging activity and reducing antioxidant potential using the
DPPH and the ferric ion reducing power (FRAP) assays, respectively, as previously described [68].
In the first assay, 0.025 mL of methanolic extract was added in 0.975 mL DPPH (0.1 mM in MeOH) in
eppendorf tubes and vortexed. After the mixture was left to stand for 30 min in the dark, the reduction
of DPPH was determined by measuring the absorption at 515 nm (U-2001 Spectrophotometer, Hitachi,
Tokyo, Japan). DPPH alone served as the blank. In regard to the FRAP assay, 0.05 mL of each extract
was added in 0.05 mL FeCl3 solution (3 mM in 5 mM HCl) in an eppendorf tube, and then it was
vortexed and incubated at 37 ◦C for 30 min. Then, 0.9 mL of 2,4,6-tri(2-pyridyl)-1,3,5-triazine (TPTZ)
solution (1 mM in 0.05 M HCl) was added, and the absorbance of the product of the reaction between
Fe2+ and TPTZ was measured at 620 nm against a blank. For the blank, the FeCl3 solution was replaced
by distilled water. All assays were performed in triplicate, and the quantifications were based on
calibration curves using syringic acid for TPC and Trolox for radical scavenging activity and FRAP.

3.6. FTIR Analysis

The FTIR spectra were recorded by a Nicolet 6700 spectrometer (ThermoScientific, Waltham, MA,
USA) equipped with a deuterated triglycine sulfate (DTGS) detector (Nichrome source with a potassium
bromide beam-splitter) and Omnic 7.3 software. For each freeze-dried sample, 64 scans of the infrared
region between 4000 and 400 cm−1 at a resolution of 4 cm−1 were recorded in triplicates and averaged.
Afterwards, the recorded spectra were transformed using the Kubelka–Munk algorithm, which corrects
the lack of linearity between the spectral intensity and sample concentration and is applied in diffuse
reflectance infrared Fourier transform (DRIFT) spectroscopy where quantitative analysis or relevant
comparisons are required. The Kubelka–Munk-transformed spectra were then smoothed by the
Savitzky–Golay algorithm [5 points each side (total window of 11 smoothing points) and a zero-order
polynomial], adaptively baseline corrected, and normalized by mean. All spectral transformations
were performed by the SpectraGryph 1.2.7 software (https://www.effemm2.de/spectragryph/).

3.7. Determination of Mushrooms Prebiotic Potential

The mushrooms’ prebiotic properties were assessed for each species in three out of the six
fungus/substrate combinations examined (and previously presented) by using lyophilized samples
from fruit-bodies deriving from: (i) OLPR in mixture (1:1, w/w) with BS or WS for G. lucidum and
P. ostreatus, respectively; (ii) TPOMW and BS or WS in the same ratio as in (i); and (iii) BS and WS alone
(control substrates) for G. lucidum and P. ostreatus, respectively.

Four bacterial strains originally isolated from human feces, i.e., two Lactobacillus strains
(L. acidophilus DSM20079 and L. gasseri from the Culture Collection of Harokopio University) and
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two Bifidobacterium strains (B. bifidum DSM20456 and B. longum from the Culture Collection of
Harokopio University), were cultivated in Man, de Rogosa, Sharpe (MRS) or modified MRS (mMRS),
respectively, under anaerobic conditions at 37 ◦C. Modified MRS is commonly used for the cultivation
of bifidobacteria; it differs from MRS by containing 0.05% HCl-cysteine, a reducing agent which lowers
the oxido/reduction potential in culture media to ensure anaerobic conditions [69]. Activated cultures
were subsequently inoculated (1% v/v) in culture media (MRS, mMRS, with and without glucose:
controls) and in culture media with lyophilized mushroom samples as the sole carbon source (2% w/v).
In order to avoid bacterial contamination from the non-sterile mushrooms, gentamicin was added in
the mMRS medium only (4 mg L−1). Cultures were incubated under anaerobic conditions at 37 ◦C for
48 h (Bactron 1.5, SHELLAB, Cornelius, OR, USA). Samples were taken at 0, 24, and 48 h in order to
test the viability of the bacterial strains based on plate-count techniques.

3.8. Statistical Analysis

Four replicates for each treatment were used in “race tubes” and in mushroom cultivation
experiments. Results are presented as mean ± standard deviation. An analysis of variance followed by
a Duncan’s t-test at 5% level of probability, which was performed for assessing differences between the
means of the various substrates examined, while relationships between variables (at significance levels
of 0.05 and 0.01) were determined by Pearson’s correlation coefficient through the use of SPSS (version
22, IBM, Armonk, NY, USA) software.

4. Conclusions

The supplementation P. ostreatus substrates by olive by-products increased total mushroom
yields and reduced the time required for mushroom formation. In contrast, all alternative substrates
had a negative effect on G. lucidum cultivation parameters. As concerns the crude composition of
mushrooms, high ratios of OLPR to wheat-straw resulted in an increase of crude protein and a
reduction of ash, crude fiber, and fat content in P. ostreatus fruit-bodies. On the other hand, G. lucidum

mushrooms exhibited up to a three-fold increase in α-glucan or a significant enhancement of β-glucan
content when cultivated on OLPR-based substrates (in comparison to beech sawdust). In addition,
several substrates based on olive by-products led to the production of fruit-bodies with increased
total phenolic content and antioxidant activity. FTIR spectra confirmed the qualitative/quantitative
differentiation of mushrooms composition and demonstrated their suitability as an inexpensive and
fast method for determining relevant changes in fruit-bodies content. Moreover, mushroom powder
supported/enhanced the growth of L. acidophilus and L. gasseri after 24 and/or 48 h incubation, while a
strain-specific pattern was observed in bifidobacteria; both mushrooms hindered B. bifidum growth,
and they supported a similar-to-glucose growth for B. longum.
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Abstract: In order to investigate environmentally sustainable sources of organic carbon and nutrients,
four Nordic green microalgal strains, Chlorella sorokiniana, Chlorella saccharophila, Chlorella vulgaris, and
Coelastrella sp., were grown on a wood (Silver birch, Betula pendula) hydrolysate and dairy effluent
mixture. The biomass and lipid production were analysed under mixotrophic, as well as two-stage
mixotrophic/heterotrophic regimes. Of all of the species, Coelastrella sp. produced the most total
lipids per dry weight (~40%) in the mixture of birch hydrolysate and dairy effluent without requiring
nutrient (nitrogen, phosphorus, and potassium—NPK) supplementation. Overall, in the absence
of NPK, the two-stage mixotrophic/heterotrophic cultivation enhanced the lipid concentration, but
reduced the amount of biomass. Culturing microalgae in integrated waste streams under mixotrophic
growth regimes is a promising approach for sustainable biofuel production, especially in regions
with large seasonal variation in daylight, like northern Sweden. To the best of our knowledge, this is
the first report of using a mixture of wood hydrolysate and dairy effluent for the growth and lipid
production of microalgae in the literature.

Keywords: mixotrophic; heterotrophic; lipids; fatty acid methyl esters; dairy wastewater; birch
hydrolysate; green algae; Coelastrella; Chlorella

1. Introduction

Microalgal mass culture has been carried out mainly under photoautotrophic conditions, using
light as energy and CO2 as a carbon source [1]. Although metabolite production is relatively high, this
cultivation method is frequently associated with low biomass concentrations as a result of the light
limitations in the major part of the algal culture [2,3]. Self-shading and/or photoinhibition are common
problems in culturing photosynthetic organisms [2,3]. To eliminate the light requirement, microalgae
can instead be heterotrophically cultivated to increase cell density and biomass production [4,5].
Additionally, heterotrophic cultivation promotes the accumulation of lipids at the expense of proteins
in the biomass, which is a desired feature for biodiesel production from microalgae [6–8]. Species of
the genera Chlorella, Tetraselmis, and Nitzschia were shown to grow at higher rates under heterotrophic
conditions compared with photoautotrophic systems [9–12]. However, not all microalgae can grow
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in total darkness. In order to perform heterotrophic growth, microalgal species require special
physiological abilities to divide and metabolize in darkness, as they have to rapidly adapt to the
new environment and withstand hydrodynamic stresses. For large scale biomass generation, growth
in inexpensive and easily sterilized medium is required [12]. A drawback of heterotrophic cultivation
is the high production cost of the organic carbon source, a weakness that can be overcome by the use
of organic carbon sources recovered from waste streams [13,14].

In mixotrophy, microalgae use light as the main energy source to perform photosynthesis, but
both CO2 and organic compounds are equally essential as a carbon source. Depending on the light
intensity, concentration of CO2, and availability of organic compounds, the microalgae will either
grow photoautotrophically or heterotrophically [15]. Mixotrophy is a suitable culture method for
microalgal species that are not able to grow in complete darkness. Although this growth regime is
less studied, most microalgal species investigated so far have been shown to produce higher biomass
yields along with higher lipid, starch, and protein productivities compared with photoautotrophic
regimes [11,16,17]. Therefore, the production of mixotrophic microalgae allows for the integration
of photosynthetic and heterotrophic metabolisms during the diurnal cycle, thus reducing the impact
of biomass loss during dark-respiration, and decreasing the costs of the organic substances utilised
during growth in daylight [18]. For these reasons, mixotrophic cultivation should be preferred within
the microalgae-to-biofuels process. Notwithstanding, the cost of the organic carbon source, such
as glucose, can account up to 79.3% of the total raw material cost during biodiesel production [14].
To investigate alternative, cheaper carbon and nutrient sources, in this study, we tested a mixture
of wood hydrolysate and dairy effluent as a growth medium for the microalgae. The nutrients
existing in the dairy effluent can serve as a source of medium nutrient, and the glucose present in the
wood hydrolysate can function as an organic carbon source. Dairy effluents and wood hydrolysates
are available waste streams in Sweden, and can easily be used as a substrate for the cultivation of
microalgae. The dairy industry is generally considered to generate the highest amount of wastewater
among the various food processing industries. It is estimated that the production of one litre of milk
generates on average between 6 and 10 litres of wastewater [19,20]. The highly diversified processes
of this industry, leads to the generation of wastes of diverse quality and quantity. Even though dairy
pollutants mainly consist of organic compounds [21], their discharge into freshwater streams can cause
pollution problems [20]. Considering that lignocellulose biomasses represents about 50% of the total
amount of biomass worldwide [22], it is very relevant from an environmental point of view to recycle
different forest residues, such as wood hydrolysate, that consist of sugar-rich fractions comprising
derivatives of hemicellulose and cellulose by-products, which can be reused and valorised in a safe
and environmental-friendly way [23].

The objectives of this study were as follows: (1) to develop a cheap and effective growth regime
(mixotrophic and a two stage mixotrophic/heterotrophic process) for the local green microalgae
Chlorella sorokiniana, Chlorella saccharophila, Chlorella vulgaris, and Coelastrella sp.; (2) to enhance biomass
and lipid production; and (3) to investigate the simultaneous treatment of dairy wastewater and to
valorise the hydrolysate from birch wood chips. Although various sources of plant biomass have
already been investigated in the literature [24,25], only a few studies have assessed the potential of
wood hydrolysate as an organic carbon source for microalgae cultivation [26,27]. To date, the present
study is the first to evaluate the feasibility of a mixture of wood hydrolysate and dairy effluent for the
growth and lipid production of microalgae.

2. Results and Discussion

Four locally isolated microalgal strains (i.e., C. sorokiniana, C. saccharophila, C. vulgaris, and
Coelastrella sp.) [27] were cultivated in a medium containing birch wood hydrolysate and dairy
effluent in the presence or absence of NPK (nitrogen, phosphorus, and potassium) supplementation.
The dilution ratio of the birch hydrolysate with dairy effluent was selected in order to provide an
adequate nutrient supply to the growth medium (Table 1), and to achieve about a 2 g L−1 glucose
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concentration. Although the microalgae biomass increases when the glucose concentration is increased
from 0 to 10 g L−1, high glucose concentrations have been shown to negatively affect the lipid
accumulation of Chlorella species under a mixotrophic condition [28,29]. In addition, when high
glucose concentrations are used, most of the glucose is not consumed by the microalgae and remains
instead in the medium [29]. For instance, C. sorokiniana cultured in a mixotrophic regime for 12 days
with 5, 10, and 15 g L−1 of glucose produced 0.57 ± 0.06, 0.67 ± 0.07, and 0.53 ± 0.06 g L−1 of lipids,
respectively, and utilized 93 ± 6, 73 ± 2, and 36 ± 2% (w/w) of the glucose added [29].

The microalgae production of biomass, lipids, and fatty acid methyl esters (FAMEs) were tested
in mixotrophic growth for 7 and 14 days (MT 7d and MT 14d), or during a two-stage growth regime
including mixotrophic growth for 7 days, followed by heterotrophic growth (H) for 7 days (MT 7d +
H 7d). The two stages’ cultivation strategies, including separate steps for growth and for cell stress,
have been shown to enhance lipid accumulation in microalgae [30–32]. Therefore, during the first
7 days in mixotrophy, the microalgae were expected to use most of the nutrients and organic carbon,
and during the following H 7 days, they were hypothesized to use the remaining organic carbon for
lipid accumulation. In MT 14 days, however, the microalgae can photosynthesise during the entire
period of time. Both the nutrient and organic carbon limitation in the last 7 days of culture (MT 14d
and MT 7d + H 7d) represent a stress factor (Table 1). In medium lacking algae inoculation (control),
the total suspended solids were very low (Table 2).

All of the microalgal strains cultivated in the birch hydrolysate and dairy effluent had significantly
higher biomass concentrations under MT 14d than under the two-stage mixotrophic/heterotrophic
growth, independent of the presence of NPK, with the exception of C. vulgaris, where, in the presence
of NPK, no statistically significant difference was observed (Figures 1A and 2A), resulting in higher
biomass productivities (Table 3). The biomass production during the mixotrophic regime for 7 days
(MT 7d), was higher than the mixotrophic regime for 14 days (MT 14d) and of the MT 7d + H 7d,
independent of the presence of NPK. The algae already consumed between 50% and 60% of the
total organic carbon (TOC) during MT 7d (Table 1), and the TOC consumption was only slightly
changed over time. Hence, we speculate that the remaining sugars (i.e., xylose) were not available
to algae. Generally, the heterotrophic step had a detrimental effect on the algal biomass, resulting
in a lower biomass production, which was particularly evident in C. sorokiniana and C. saccharophila

(Figures 1A and 2A). As observed by others, the dual carbon assimilation (inorganic atmospheric
CO2 and organic carbon uptake from the medium) of the mixotrophic microalgae resulted in a higher
biomass productivity, which subsequently might lead to the formation of energy storage products as
a result of the increased availability of carbon [15,28,30]. Accordingly, the percentage of carbon in the
biomass of all of the microalgae strains was slightly higher at MT 14d than at MT 7d + H 7d, which
was mainly noticed in the cultures without NPK (Table 3). During MT 7d, a rapid growth of microalgal
biomass was facilitated by the presence of sufficient nutrients and carbon (Table 1), while at the stress
phase of H 7d, a trophic–metabolic change from a mixotrophic to a heterotrophic process, as well
as a potential depletion in organic carbon, resulted in a decrease of biomass production [32]. In the
mixotrophic stress phase of MT 14d, in the absence of NPK supplementation, the results were species
dependent. NPK supplementation led to higher biomass productivities, independent of the growth
regime (Table 3). In the presence of NPK, C. sorokiniana produced the highest biomass (Figure 2A,
1.84 ± 0.02 (MT 7d), 1.97 ± 0.03 (MT 14d), and 1.38 ± 0.02 g L−1 (MT 7d + H 7d)).
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Table 1. Nutrients, ammonium (NH4
+-N), nitrate (NO3

−-N), total phosphorous (TP), and total organic carbon (TOC), concentrations (mg L−1) in the birch hydrolysate
and dairy effluent medium, with and without nitrogen, phosphorus, and potassium (NPK) supplementation, at day 0, day 7 (mixotrophic growth—MT 7d), and day
14 (mixotrophic and two stage mixotrophic/heterotrophic growth (H)—MT 14d and MT 7d + H 7d) in the cultures of C. sorokiniana, C. saccharophila, C. vulgaris, and
Coelastrella sp. Values are expressed as mean ± standard deviation (n = 2).

Without NPK Supplementation With NPK Supplementation

NH4
+-N NO3

−-N TP TOC (mg/L) TOC Reduction (%) NH4
+-N NO3

−-N TP TOC (mg/L) TOC Reduction (%)

Day 0 72.70 ± 0.00 ≤0.50 8.56 ± 0.01 663 ± 89 - 98.40 ± 1.60 247.60 ± 2.00 16.15 ± 0.15 654 ± 66 -

C. sorokiniana

MT 7d 0.85 ± 0.00 7.07 ± 0.07 1.58 ± 0.04 282 ± 20 57.5 6.58 ± 0.03 5.48 ± 0.12 4.15 ± 0.00 250 ± 27 61.8
MT 14d 2.12 ± 0.03 5.85 ± 0.19 4.49 ± 0.07 232.5 ± 23.5 64.9 1.67 ± 0.01 5.00 ± 0.01 6.15 ± 0.04 198 ± 3 69.7

MT 7d + H 7d 1.47 ± 0.00 6.10 ± 0.53 2.20 ± 0.09 245 ± 30 63 39.15 ± 0.15 4.91 ± 0.16 4.00 ± 0.01 202 ± 8 69.1

C. saccharophila
MT 7d 0.33 ± 0.00 6.64 ± 0.15 1.52 ± 0.03 312 ± 38 52.9 13.65 ± 0.05 5.50 ± 0.13 3.67 ± 0.02 234.5 ± 14.5 64.1
MT 14d 1.52 ± 0.05 5.82 ± 0.24 3.81 ± 0.09 258 ± 22 61.1 1.28 ± 0.02 4.86 ± 0.13 6.97 ± 0.30 269 ± 11 58.9

MT 7d + H 7d 0.84 ± 0.00 5.68 ± 0.52 1.87 ± 0.20 241.5 ± 2.5 63.6 54.70 ± 0.40 4.76 ± 0.06 5.63 ± 0.01 229 ± 18.5 65.0

C. vulgaris
MT 7d 6.69 ± 0.02 7.00 ± 0.20 1.65 ± 0.06 298 ± 32 55.1 8.88 ± 0.03 6.89 ± 0.20 3.05 ± 0.00 221.5 ± 7.5 66.1
MT 14d 0.96 ± 0.00 5.39 ± 0.22 4.70 ± 0.12 239.5 ± 0.5 63.9 20.05 ± 0.15 6.30 ± 0.15 8.03 ± 0.67 200.5 ± 9.5 69.3

MT 7d + H 7d 0.42 ± 0.00 6.10 ± 0.57 1.64 ± 0.22 268.5 ± 9.5 59.5 15.35 ± 0.05 5.08 ± 0.02 3.43 ± 0.04 187.5 ± 13.5 71.3

Coelastrella sp.
MT 7d 0.41 ± 0.00 6.88 ± 0.14 1.37 ± 0.04 304 ± 23.5 54.1 9.30 ± 0.04 42.95 ± 0.55 2.98 ± 0.01 258.5 ± 2.5 60.5
MT 14d 0.42 ± 0.00 5.86 ± 0.22 3.44 ± 0.08 274 ± 22 58.7 3.92 ± 0.04 16.15 ± 1.95 6.75 ± 0.12 227.5 ± 2.5 65.2

MT 7d + H 7d 1.97 ± 0.01 5.47 ± 0.44 2.15 ± 0.21 231.5 ± 17.5 65.1 0.78 ± 0.00 5.12 ± 0.03 5.31 ± 0.01 197 ± 9 69.9

Table 2. Total suspended solids (TSS) concentration (mg L−1) of controls, that is, a birch hydrolysate and dairy effluent medium without microalgae inoculation, with
and without NPK supplementation, cultivated for 7 and 14 days mixotrophically (MT 7d and MT 14d, respectively), or for 7 days mixotrophically and then another 7
days heterotrophically (MT 7d + H 7d). Values are expressed as mean ± standard deviation (n = 4).

Supplementation Growth Regime TSS (mg L−1)

With NPK
MT 7d 15 ± 0.0

MT 14d 27 ± 1.0
MT 7d + H 7d 16 ± 0.0

Without NPK
MT 7d 16 ± 1.0

MT 14d 15 ± 0.0
MT 7d + H 7d 27 ± 1.0
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Figure 1. (a) Biomass concentration (g L−1) (n = 4); (b) total lipids (% dry weight–DW), n = 4; and (c)
total fatty acid methyl esters (FAMEs) (%DW) (n = 2), of C. sorokiniana, C. saccharophila, C. vulgaris, and
Coelastrella sp., grown in a birch hydrolysate and dairy effluent mixture without nitrogen, phosphorus,
and potassium (NPK) supplementation. The cells were cultured mixotrophic (MT) for 7 and 14 days
(MT 7d and MT 14d), or mixotrophic for 7 days, and then heterotrophic (H) for another 7 days (MT 7d
+ H 7d). Error bars express the standard deviation of the mean. The different letters above the bars of
the same microalgae indicate a significant difference (p < 0.05). NA—not available.

In contrast to biomass, the total lipid contents of all of the four strains were generally slightly
higher in the absence of NPK than in its presence, independent of the growth regime (Figures 1B and 2B).
Nutrient limitation without NPK (Table 1), particularly nitrogen, is known to result in the cessation of
microalgal growth, and subsequently, a low biomass content [33,34], but it stimulates the accumulation
of reserve lipids, mainly in the form of triacylglicerols (TAGs) [8,30,35]. During photoautotrophic and
mixotrophic photosynthesis, the algae assimilate CO2, which is used for growth (proteins) or is stored
as carbohydrates, under nutrient limiting conditions. However, TAGs accumulated [30] as nitrogen
are not available for protein synthesis [36]. These data are corroborated by the lower total nitrogen
content measured in our microalgae grown in the absence of NPK (Table 3), with the exception of
C. vulgaris at MT 7d + H 7d; and by the nitrogen concentrations in the medium at the end of the
experiments (Table 1). Our results further support the connection between microalgal lipid-production
and nitrogen availability. However, the microalgal response to nitrogen deficiency is highly variable
and strain-specific. Microalgal strains can respond to nutrient starvation by either a several folds
increase of lipids, or no change at all, or they can even slightly reduce their lipid amount. Some strains
of Chlorella were found to accumulate starch during nitrogen starvation, whereas others accumulated
mainly neutral lipids [37]. Although, in the absence of NPK, the two-stage MT 7d+ H 7d and MT 14d
cultivations resulted in an equal or higher lipid concentration than the MT 7d (not significant for
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all strains and growth regimes), as reported in the literature [30–32]; the lipid productivities of the
MT 7d+ H 7d and MT 14d cultivations were lower than MT 7d. The reduction of lipid productivity
for MT 7d+ H 7d and MT 14d was more noticeable in the presence of NPK. The lipid productivities
of MT 7d+ H 7d and MT 14d were equivalent, suggesting that the low lipid productivities were
a consequence of the low biomass produced during the last 7 days of culture. In the absence of NPK,
the prolonged mixotrophic growth for 14 days instead of 7 days only led to a significant increase
of lipid content in C. sorokiniana; its FAMEs content increased as well, but it was not statistically
significant (Figure 1B,C). Again, as observed for the lipids, an increase in FAMEs content did not result
in higher FAMEs productivities (Table 3). C. saccharophila and Coelastrella sp., however, accumulated
significantly more lipids in the two-stage mixotrophic/heterotrophic cultivation system (36.32% ±

1.67% and 39.92% ± 3.68% DW, respectively) than in restricted mixotrophic regimes (MT 7d: 20.01%
± 1.87% and 23.77% ± 4.49%; MT 14d: 23.77% ± 4.49% and 23.93% ± 2.99% DW) (Figure 1B). The
switch from mixotrophic to heterotrophic metabolism, which induces FAMEs production, is associated
with the degradation of structural membranes, photosynthetic proteins, and chlorophylls in the
chloroplast [38,39]. In C. saccharophila grown in the absence of NPK, the FAMEs’ concentration at
MT 7d + H 7d was significantly lower than both of the mixotrophic regimes.

 

−
Figure 2. (a) Biomass concentration (g L−1) (n = 4); (b) total lipids (%DW) (n = 4); and (c) total FAMEs
(%DW) (n = 2), of C. sorokiniana, C. saccharophila, C. vulgaris, and Coelastrella sp. grown in a birch
hydrolysate and dairy effluent with NPK supplementation. The cells were cultured as mixotrophic for
7 and 14 days (MT 7d and MT 14d), or mixotrophic for 7 days, and then heterotrophic for another 7
days (MT 7d + H 7d). Error bars express the standard deviation of the mean. Different letters above the
bars of the same microalgae indicate a significant difference (p < 0.05). NA—not available.
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Table 3. Biomass (g L−1 d−1), lipids (mg L−1 d−1), and fatty acid methyl esters’ (FAMEs) (mg L−1

d−1) productivities of C. sorokiniana, C. saccharophila, C. vulgaris, and Coelastrella sp. cultured in a birch
hydrolysate and dairy effluent medium, with and without NPK supplementation (mixotrophic growth,
MT 7d, and 14 days of mixotrophic and two stage mixotrophic/heterotrophic growth, MT 14d and MT
7d + H 7d). Values are expressed as mean ± standard deviation (n = 4 (biomass and lipids) and n = 2
(FAMEs)). NA—not available.

Without NPK Supplementation With NPK Supplementation

Biomass Lipids FAMEs Biomass Lipids FAMEs

C. sorokiniana

MT 7d 0.13 ± 0.03 24.75 ± 4.16 NA 0.26 ± 0.00 24.50 ± 2.33 13.71 ± 3.94
MT 14d 0.06 ± 0.04 21.36 ± 0.66 9.79 ± 0.82 0.14 ± 0.00 15.97 ± 1.40 9.75 ± 0.56

MT 7d + H 7d 0.04 ± 0.00 18.85 ± 2.07 11.03 ± 1.36 0.10 ± 0.00 13.77 ± 1.94 9.74 ± 0.48

C. saccharophila
MT 7d 0.23 ± 0.29 25.58 ± 2.31 25.37 ± 0.56 0.23 ± 0.06 31.51 ± 8.66 19.96 ± 3.50
MT 14d 0.09 ± 0.05 16.73 ± 1.25 11.09 ± 0.73 0.13 ± 0.00 14.21 ± 1.35 11.05 ± 0.00

MT 7d + H 7d 0.06 ± 0.00 25.94 ± 1.03 5.00 ± 0.15 0.07 ± 0.00 12.98 ± 1.93 9.61 ± 0.38

C. vulgaris
MT 7d 0.09 ± 0.02 NA 31.57 ± 2.39 0.24 ± 0.03 28.36 ± 1.97 23.20 ± 0.58
MT 14d 0.05 ± 0.00 17.98 ± 1.60 11.54 ± 0.25 0.12 ± 0.00 16.63 ± 1.61 13.70 ± 0.10

MT 7d + H 7d 0.04 ± 0.00 17.76 ± 4.08 15.83 ± 1.69 0.11 ± 0.00 20.33 ± 1.95 12.60 ± 0.34

Coelastrella sp.
MT 7d 0.19 ± 0.05 33.95 ± 5.56 NA 0.11 ± 0.04 41.80 ± 8.13 NA
MT 14d 0.09 ± 0.01 17.10 ± 1.85 11.63 ± 0.79 0.13 ± 0.00 19.02 ± 0.70 15.89 ± 0.90

MT 7d + H 7d 0.06 ± 0.00 28.51 ± 2.27 NA 0.08 ± 0.00 12.30 ± 1.82 16.28 ± 0.22

Notably, in the presence of NPK, the lipid contents of Coelastrella sp. were significantly lower
during the two-stage mixotrophic/heterotrophic growth compared with the mixotrophic growth
(Figure 2B). Thus, this suggests that the excess of carbon absorbed by dual carbon assimilation during
mixotrophy resulted in a higher lipid production in the Coelastrella sp. mixotrophic cultures [28].
Accordingly, the percentage of carbon in Coelastrella sp. was 3% higher in the MT 14d than in the
biomass after the MT 7d + H 7d growth. The total lipid content of the C. vulgaris biomass was
significantly higher after the two-stage growth than in MT 7d in the presence of NPK. However, the
C. vulgaris FAMEs’ concentrations remained unchanged under this condition (Figure 2B,C).

At the end of MT 7d, all of the microalgae strains cultured without NPK were nitrogen-limited,
that is, NH4

+-N was reduced 91 to 99% after 7 days of mixotrophic growth (Table 1). NH4
+-N is the

preferred nitrogen source for microalgae, mainly because it is the most energetically efficient source, as
less energy is required for its uptake. When NH4

+-N and NO3
−-N are supplied together, Chlorella sp.

uses NH4
+-N first, which is incorporated into the organic compounds produced [9]. In the absence

of NPK, the total phosphorous (TP) used for the all microalgae strains growth and development was
between 81% and 84% at MT 7d, 45% and 60% at MT 14d, and 74% and 81% at MT 7d + H 7d. In the
presence of NPK, the nutrients were also consumed to a great extent in the first 7 days of mixotrophic
growth in all of the strains, the NH4

+-N concentration was reduced by 86% to 93%, and NO3
−-N

by 98%, and the TP content depleted by between 74% and 82% (Table 1). Nitrogen accounts for
1%–10% of the dry matter in microalgae, and is the most important nutrient affecting growth and lipid
accumulation [40]. The nitrogen content in the biomass of the investigated Nordic species was the
lowest in the Coelastrella sp. grown mixotrophically in the absence of NPK (MT 14d: 3.38% ± 0.11%
DW) and highest in C. vulgaris grown without NPK in the mixo-/hetero-trophic two-stage regime
(MT 7d + H 7d: 11.04% ± 0.03% DW) (Table 4). It is interesting to notice that independent of NPK
addition, the algae grown under MT 7d + H 7d had a higher nitrogen concentration and a lower C/N
ratio than the algae grown at a mixotrophic condition (MT 14; Table 4). The algal nitrogen content
therefore seems to be linked not only to the amount of available nitrogen in the medium (Table 1), but
also to the growth regime. Concerning the total carbon content, only slight variations were observed
in the different growth regimes in the presence NPK. The highest carbon content was measured in the
mixotrophic algal cultures (MT 14d) in the absence of NPK (Table 4). Phosphorous, another essential
component for microalgal growth and development, only accounts for about 1% of the total microalgal
biomass (approximately 0.3%–0.6%) [41]. The results obtained in the present study are in agreement
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with previous studies on microalgae grown on a different lignocellulosic biomass [24,27]. C. sorokiniana

grown in 12% beech (Fagus sylvatica) wood acid hydrolysate, with approximately 0.37 g L−1 organic
carbon (glucose + acetate), produced 0.33 ± 0.01 and 0.22 ± 0.01 g L−1 biomass in 32.5 h, under
mixotrophic and heterotrophic regimes, respectively [27]. The total fatty acid content was 5.20% ±

0.18% and 4.44% ± 0.24% DW under mixotrophic and heterotrophic regimes, respectively [27]. C.

protothecoides has been found to produce 2.83 g L−1 of biomass with a 56.3% DW lipid content after 60
h of mixotrophic cultivation on a plant biomass (rice straw, Oryza sativa) hydrolysate (10 g L−1 glucose
concentration) [24]. In comparison, this microalgae, grown heterotrophically in another plant (cassava,
Manihot esculenta), a hydrolysate (10 g L−1 glucose concentration), for 240 h, produced approximately
7 g L−1 of biomass, but only a 22% DW lipid content [25]. In another study of heterotrophic cultivation,
Auxenochlorella protothecoides was grown for 120 h using Silver birch (Betula pendula) and Norway spruce
(Picea abies) hydrolysates, with a 10 times higher glucose concentration than in the present study. The
biomass concentration and lipid content were 8.56± 0.21 and 8.37± 0.13 g L−1, and 66.00%± 0.33%
and 63.08%± 0.71% DW for the birch and spruce hydrolysate, respectively [26].

Table 4. Percentage of total nitrogen (N) and total carbon (C) per DW, as well as the C/N ratio of C.

sorokiniana, C. saccharophila, C. vulgaris, and Coelastrella sp. grown in a birch hydrolysate and dairy
effluent with or without NPK supplementation. The species were cultivated for 14 days mixotrophically
(MT 14d), or for 7 days mixotrophically, and then another 7 days heterotrophically (MT 7d + H 7d).
Values are expressed as mean ± standard deviation (n = 3).

Species Supplementation Growth Regime N% C% C/N Ratio

C. sorokiniana
With NPK

MT 14d 6.90 ± 0.34 50.73 ± 0.45 7.37 ± 0.41
MT 7d + H 7d 9.04 ± 0.57 49.81 ± 2.06 5.52 ± 0.18

Without NPK
MT 14d 3.89 ± 0.88 56.03 ± 1.37 15.34 ± 4.23

MT 7d + H 7d 8.13 ± 0.10 51.10 ± 1.35 6.28 ± 0.09

C. saccharophila
With NPK

MT 14d 6.84 ± 0.14 51.50 ± 0.46 7.53 ± 0.18
MT 7d + H 7d 9.33 ± 0.06 50.27 ± 0.06 5.38 ± 0.03

Without NPK
MT 14d 3.77 ± 0.17 56.34 ± 0.06 14.98 ± 0.69

MT 7d + H 7d 5.54 ± 1.01 55.99 ± 0.33 10.42 ± 1.70

C. vulgaris
With NPK

MT 14d 7.15 ± 0.07 52.86 ± 0.21 7.39 ± 0.10
MT 7d + H 7d 8.70 ± 0.19 52.59 ± 1.02 6.05 ± 0.01

Without NPK
MT 14d 7.21 ± 0.34 53.82 ± 0.14 7.49 ± 0.33

MT 7d + H 7d 11.04 ± 0.03 52.47 ± 0.15 4.73 ± 0.02

Coelastrella sp.
With NPK

MT 14d 6.75 ± 0.14 50.66 ± 0.91 7.51 ± 0.12
MT 7d + H 7d 7.59 ± 0.34 52.47 ± 0.72 6.93 ± 0.40

Without NPK
MT 14d 3.38 ± 0.11 58.18 ± 0.62 17.21 ± 0.17

MT 7d + H 7d 5.87 ± 0.22 55.27 ± 1.57 9.43 ± 0.64

Similar to the FAMEs yields, the FAMEs compositions did also not vary significantly in
dependence to the growth regime (Figure 3); the dominant FAMEs were C16:0, C18:1, and C18:2
in all four of the strains, with the amount of C18:3 lower than expected. Generally, the FAMEs’
composition of the three Chlorella strains was similar, with some minor differences in the C18 FAMEs
proportions (Figure 3). C16:0 was the dominant FAME in the three Chlorella strains (on average 32% of
total FAMEs); in Coelastrella sp., methyl oleate (C18:1) was the dominant fatty acid (on average 43%).
Interestingly, substantial differences in the FAME composition were observed upon the availability
of NPK. In the presence of NPK, the amount of C18:2 increased in all of the strains and growth
regimes (Figure 3). Decreased nutrient availability in the absence of NPK (Table 1), and two-stage
mixo-/hetero-trophic growth, resulted in a higher relative content of C16:0 and C18:1, while the relative
content of C18:3, and potentially other n-3 polyunsaturated fatty acids [42], was lower (Figure 3).
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Figure 3. FAMEs composition (% total FAMEs) of C. sorokiniana, C. saccharophila, C. vulgaris, and
Coelastrella sp. grown in birch hydrolysate and dairy effluent, either in the absence (a–d) or presence
(e–h) of NPK. Cells were grown mixotrophic for 7 and 14 days (MT 7d and MT 14d), or first mixotrophic
for 7 days, and then heterotrophic for another 7 days (MT 7d + H 7d). Error bars express the standard
deviation of the mean (n = 2).

3. Materials and Methods

3.1. Collection and Cultivation of Microalgal Strains

Four microalgal strains were isolated from the municipal wastewater (Vakin AB) located in
Umeå (63◦86′ N), northern Sweden, and were genetically identified as Chlorella sorokiniana, Chlorella

saccharophila, Chlorella vulgaris, and Coelastrella sp. [27]. The microalgal strains were grown for 7 days
in a BG11 medium with 1.5% agar [43] under a 16:8 h light–dark cycle at 22 ◦C (light) and 16 ◦C
(dark) in a growth cabinet (Conviron A1000 IN, Winnipeg, MB, Canada). Light intensity, expressed
as PAR (photosynthetic active radiation), was ≈ 150 µmol m−2 s−1. Liquid cultures were prepared
by inoculating two loops (2-mm diameter loop) of microalgae in Erlenmeyer flasks of 250 mL total
volume, containing 150 mL of mixed birch hydrolysate and dairy effluent (see below for preparation),
under the same culture conditions described above, and kept under continuous magnetic stirring at
100 rpm. The Erlenmeyer flasks were covered with aluminium foil. Glassware and the substrate were
sterilized by autoclaving them at 120 ◦C for 20 min.
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3.2. Assessment of Birch Hydrolysate and Dairy Effluent as Growth Medium

Wood chips from Silver birch (Betula pendula) were pre-treated with acid catalysed assisted
hydrothermal pre-treatment [43]. Briefly, the pre-treatment took place at 190 ◦C at a holding time of
4–6 min, and sulfur dioxide at a concentration of 0.025 kg kgbiomass

−1, was used as catalyst. As a result,
a slurry of approximately 21.69% (w/w) solid content [43] was produced. The pH of the slurry was
adjusted to 5 prior to enzymatic saccharification, and the slurry was diluted to a solid concentration of
20% (w/w) with a concentrated Na2HPO4–citric acid buffer, to achieve a final buffer concentration of
50 mM in the diluted slurry. For the enzymatic saccharification, the enzyme solution Cellic® CTec2
(with an enzyme activity of 238 FPU/ml (filter paper unit; [44])) from Novozymes A/S (Bagsværd,
Denmark), was used at an enzyme load corresponding to 15 FPU g−1 of solids. Saccharification took
place in an orbital shaker at 50 ◦C and 160 rpm for 24 h. At the end of the saccharification, the sugar
concentration in the slurry was determined by high-performance liquid chromatography (HPLC;
PerkinElmer, Waltham, MA, USA) equipped with a refractive index detector, and a Bio-Rad Aminex
HPX-87P column (BioRad, Hercules, CA, USA) operating at 85 ◦C with 0.6 mL/min of ultrapure
water. The sugars’ concentration was to be 61.7 g L−1 glucose and 42.4 g L−1 xylose. The undiluted
hydrolysates contained 14.7 g L−1 acetic acid, 1.7 g L−1 furfural, 0.2 g L−1 HMF (determined by HPLC
equipped with RI and a Bio-Rad Aminex HPX-87H column operating at 65 ◦C with 0.6 mL/min of
5 mM H2SO4), and 4.7 g L−1 phenols (determined with the Folin–Ciocalteu method with gallic acid as
standard, as described before [45]). The dairy effluent had a glucose concentration of 0.05 g L−1, which
was also determined by HPLC.

After saccharification, the birch hydrolysate possessed a very dark brown colour, which limited
light penetration, and subsequently microalgae photosynthetic activity (data not shown). Additionally,
a previous study determined that wood hydrolysate loadings up to 48% inhibited C. sorokiniana growth,
potentially because of the toxicity of wood hydrolysates towards microalgae [27]. Therefore, the birch
hydrolysate was diluted with deionized water, at a dilution ratio of 1:6 (v/v). After dilution, the
pH was adjusted to 7. The diluted birch hydrolysate was mixed with dairy effluent (Norrmejerier,
Umeå, Sweden) so as to provide an adequate nutrient supply to the growth medium (Table 1), and
to achieve about a 2 g L−1 glucose concentration. The birch hydrolysate and dairy effluent mixture
was subsequently filtered at room temperature with two layers of paper towel (100% cellulose), with
a water filtration velocity of about 1.3 mL cm−2 min−1 to remove the largest particles, followed by
overnight sedimentation at 4 ◦C. The feasibility of a birch hydrolysate and dairy effluent mixture as
a growth medium for microalgae was investigated in the presence or absence of NPK, which was
added as sodium nitrate (NaNO3) and dipotassium phosphate (K2HPO4) to a final concentration of
1.5 and 0.04 g L−1, respectively (Table 1).

The four microalgal strains, Coelastrella sp., C. sorokiniana, C. saccharophila, and C. vulgaris, were
cultivated under either mixotrophic culture conditions, samples were taken after 7 and 14 days
(designated as MT 7d and MT 14d, respectively), or for 7 days under mixotrophic, followed by 7 days
under heterotrophic culture conditions (designated as MT 7d and H 7d). The cultures were kept with
continuous magnetic stirring at 100 rpm and a 16:8 h light–dark cycle at 22 ◦C (light) and 16 ◦C (dark)
in a growth cabinet (Conviron A1000 IN, Winnipeg, MB, Canada), with PAR of ≈ 150 µmol m−2 s−1

for the mixotrophic conditions, or total darkness for the heterotrophic conditions. Samples of 10 mL
were harvested by centrifugation at 3520 g for 5 min, and the obtained pellets were used to analyse
the biomass, total lipids, and FAMEs. The supernatants were stored at −20 ◦C for nutrient analysis.
The control samples deficient of microalgae were taken at MT 7d, MT 14d, and MT 7d + H 7d time
points from both mediums of birch hydrolysate/dairy effluent, in the presence or absence of NPK,
and were processed similar to the samples. The biomass and total lipid analyses were performed in
four replicates, and FAMEs and nutrients analyses in duplicates. The total nitrogen (N) and carbon (C)
were determined in triplicates.
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3.3. Analytical Methods

3.3.1. Nutrients Analyses

The nutrients—ammonium (NH4
+-N), nitrate (NO3

−-N), total phosphorus (TP), and total organic
carbon (TOC)—were analysed using the commercially available nutrient analyses kits, according to the
manufactures’ instructions (Hach Lange, Germany). The absorbance measurements were performed
using a DR3900 spectrophotometer (Hach Lange, Germany). All of the supernatant samples were
thawed at room temperature before the analyses and were diluted, when necessary, to achieve the
concentrations within the kit range.

3.3.2. Biomass Concentration

The microalgal biomass concentration was determined in all of the culture conditions immediately
after harvesting. The dry weight of the microalgal pellets was determined gravimetrically after oven
drying (Memmert, Schwabach, Germany) at 65 ◦C overnight. The microalgal biomass concentration
was expressed as dry weight g L−1.

3.3.3. Total Lipids Extraction

The total lipids were extracted from a fresh microalgal biomass using the method of Folch et al. [46],
simplified as described in Axelsson and Gentili [47]. The lipids were extracted using a mixture of
chloroform, methanol, and NaCl (0.73% in water) (2:1:0.8 v/v/v). The recovered lipid phase was
vacuum dried in a multi-evaporator (Syncore®Polyvap, Büchi Labortechnik AB, Flawil, Switzerland)
at 40 ◦C, 120 rpm, and 275 mbar for 3 h. The quantity of total lipids was measured gravimetrically, and
was expressed as a dry weight percentage.

3.3.4. Fatty Acid Methyl Esters Analysis

The fresh microalgal cells were pelletized and boiled immediately after harvesting in 2 mL of
isopropanol at 80 ◦C for 10 min under gaseous nitrogen atmosphere, and were stored at −20 ◦C
until further analyses. After the total lipid extraction, the fatty acids were isolated and purified
on thin layer chromatography (TLC), and subsequently transmethylated into FAMEs according to
Lage and Gentili [48], based on Christie and Han [49]. The FAMEs extracts were re-suspended
with heptane and injected into a TRACE™ 1310 (Thermo Fisher Scientific, Hägersten, Sweden) GC
system equipped with flame ionization detector, and a 30 m FAMEWAX column (Restek Corporation,
Bellefonte, Pennsylvania, USA) [48]. The FAMEs were identified by comparison of the retention times
with authentic standards. The FAMEs’ concentrations were calculated as weight percent by applying
theoretical correction factors, and being normalized against the internal standard pentadecanoic acid
methyl ester (C15:0).

3.3.5. Total N and Total C Analyses

The total nitrogen and total carbon measurements were performed at the Department of Forest
Ecology and Management, Swedish University of Agricultural Sciences (Umeå, Sweden), as described
by Werner et al. [50]. The samples were analysed by elemental analyser-isotope ratio mass spectrometry
(EA-IRMS). The instrumental setup consisted of an elemental analyser (Flash EA 2000) connected to
a continuous flow isotope ratio mass spectrometer (DeltaV), both of which were from Thermo Fisher
Scientific (Bremen, Germany). Each sequence of samples was analysed together with two in-house
standards in several replicates. The accepted standard deviation of the in-house laboratory standards
was <0.15%. The data were corrected for drift and size before the final results were given.
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3.4. Statistical Analysis

In order to investigate the statistical differences between the biomass, total lipid, and FAMEs’
concentrations means of different medium and growth regimes, analysis of variance (one-way ANOVA)
followed by post-hoc Student’s t-test with Bonferroni correction was applied. Analyses were performed
with Microsoft Office Excel 2013 Analysis ToolPak.

4. Conclusions

This study shows, for the first time, that birch hydrolysate and dairy effluent can be used,
in combination, as an organic carbon and nutrient source for cultivating microalgae in order to produce
lipids. All of the microalgae tested, namely C. sorokiniana, C. saccharophila, C. vulgaris, and Coelastrella sp.,
could grow in this medium mixture, under both mixotrophic and two-stage mixotrophic/heterotrophic
regimes, independently of NPK supplementation. In comparison to the growth phase alone (MT 7d),
the prolonged (14 days instead of 7 days) two-stage cultivation strategy (growth phase followed by
stress phase), that is, MT 7d + H 7d and MT 14d, generally resulted in a reduction of the biomass,
lipids, and FAMEs’ productivity. An exception was C. saccharophila, which had a slightly higher
lipid productivity at MT 7d + H 7d. For instance, Coelastrella sp., the highest lipid producer of this
study, accumulated up to 40% DW of the total lipids in the absence of NPK. In the presence of NPK,
the nutrient replete condition of the medium impaired the effect of the stress phase. In conclusion,
culturing microalgae in waste streams under mixotrophy has the potential to become a successful
strategy for microalgal cultivation in northern Sweden; a region with large seasonal variation in
daylight availability.
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Abstract: Waste cooking oil (WCO) is a major pollutant, primarily managed through incineration.
The high cell density bioprocess developed here allows for better use of this valuable resource since it
allows the conversion of WCO into biodegradable polymer polyhydroxyalkanoate (PHA). WCO was
chemically hydrolysed to give rise to a mixture of fatty acids identical to the fatty acid composition of
waste cooking oil. A feed strategy was developed to delay the stationary phase, and therefore achieve
higher final biomass and biopolymer (PHA) productivity. In fed batch (pulse feeding) experiments
Pseudomonas putida KT2440 achieved a PHA titre of 58 g/l (36.4% of CDW as PHA), a PHA volumetric
productivity of 1.93 g/l/h, a cell density of 159.4 g/l, and a biomass yield of 0.76 g/g with hydrolysed
waste cooking oil fatty acids (HWCOFA) as the sole substrate. This is up to 33-fold higher PHA
productivity compared to previous reports using saponified palm oil. The polymer (PHA) was sticky
and amorphous, most likely due to the long chain monomers acting as internal plasticisers. High cell
density cultivation is essential for the majority of industrial processes, and this bioprocess represents
an excellent basis for the industrial conversion of WCO into PHA.

Keywords: biopolymers; medium chain length polyhydroxyalkanoates (PHA); hydrolysed waste
cooking oil; Pseudomonas putida KT2440; biocatalysis; bioprocess

1. Introduction

Petrochemical based plastics have been used in a variety of applications for more than seventy
years and have replaced materials like glass and metal due to their high performance, low price,
versatility, and durability [1,2]. The worldwide annual production of plastics was 335 million tonnes in
2016, and its production is expected to triple by 2050 [2]. Many of the uses of plastics are short term, and
consequently these materials become waste within a short period of time after manufacture and use.
The vast majority of petrochemical based plastics are not biologically degraded [3]. Plastic recovery
and recycling rates are low [4], and thus millions of tonnes of plastics end up in landfills and in the
environment [5–8]. Given the environmental damage caused by non-degradable plastics, there is an
urgent need for solutions. Biodegradable plastics can be part of the plethora of solutions to address
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a complex global challenge. A critical challenge to providing biodegradable plastic solutions is the
development of robust processes for biodegradable plastic production.

It is not just the end-of-life of plastics that is a concern for society, but also the origin of the
starting materials. Materials of bio-based origin are being sought, as the origins of the current non
degradable polymers are finite (fossil based) and depleting [9,10]. Biobased polymers can be produced
from renewable resources such as corn dextrose, and many studies are investigating so called second
generation (lignocellulose) sources [11–13]. Wastes, such as waste cooking oil, are also potentially
interesting starting materials, but no studies have investigated this substrate for high cell density and
high PHA productivity.

Polyhydroxyalkanoates (PHAs) are water-insoluble energy storage microbial polyester synthesized
by many Gram-positive and Gram-negative bacteria when exposed to a surplus of carbon and generally
a limitation of a vital inorganic nutrient (N, P, S, or Mg) [1]. PHAs vary in the composition of the
monomer side chain and hydroxyl position, which affects their material properties [14]. The monomer
composition, and thus physical properties of PHA, can be tailored by co-feeding different carbon
sources in fermentation cultivation systems [15–17]. For example, incorporation of monomers with
unsaturated side chains in PHA will increase the melting temperature and decrease the glass transition
temperature of the polymer [18]. Furthermore, these unsaturated bonds could be exploited for chemical
or enzymatic modifications [19,20] that can render PHAs water soluble or allow their coupling with
functional molecules, and therefore broaden their application potential.

High production costs, compared to the traditional petrol-based plastics, remain the major
challenge for polyhydroxyalkanoates entry into the plastics market. The use of inexpensive carbon
sources, such as waste products, and a highly productive fermentation process could help to overcome
the production costs [21–24].

Waste cooking oil (WCO) is a major waste from human food processing and preparation with
over 29 million tonnes produced annually around the globe [25]. As WCO contains high levels of fatty
acids, it might be suitable substrates for PHA production. It has been widely reported that fatty acids
are excellent substrates for PHA accumulation by Pseudomonas strains with a PHA composition related
to the chain length of the fatty acid supplied [26–30].

Currently, there are a limited number of studies on the use of hydrolysed and saponified cooking
oils, or other waste oils, for PHA production [31–34]. Surprisingly, none of these studies have examined
the ability of the strains to grow to high cell density on the hydrolysed substrates, nor have they
achieved high PHA productivity.

The aim of the current study was to develop a bioprocess to achieve high cell density and high
medium chain length PHA (mclPHA) productivity using the fatty acid fraction of hydrolysed waste
cooking oil as the sole carbon source and P. putida KT2440, a generally recognised as safe (GRAS) and
robust organism used in many biotechnological applications [35]. We also examined the properties of
the mclPHA polymer accumulated during this bioprocess.

2. Results

2.1. Fatty Acid Composition of Hydrolysed Waste Cooking Oil (HWCO)

Hydrolysed waste cooking oil (HWCO) was separated into the glycerol and fatty acid fractions
using a separation funnel. The fatty acid fraction of hydrolysed waste cooking oil (HWCOFA) contained
predominantly oleic and linoleic acid (Figure 1). The high content of C18:2 and C18:1 is in keeping
with previously reported contents of fatty acids in waste cooking oils [36–38]. The HWCOFA also had
a relatively high content of saturated C16 fatty acid, which makes the hydrolysed oil solid at room
temperature. This poses challenges for feeding to a bioreactor and bioavailability in an aqueous growth
medium. To address the feeding challenge, the HWCOFA mixture was maintained at a temperature of
40 ◦C so that it could be poured into the bioreactor.
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Figure 1. Fatty acid composition (expressed as a % of total fatty acids present) of hydrolysed
waste cooking oil (HWCO) analysed by GC/MS. C14—myristic acid; C16:1—palmitoleic acid;
C16—palmitic acid; C18:2—linolelaidic acid; C18:1—oleic acid; C18—stearic acid; C20:1—gondoic
acid; and C20—arachidic acid. The error bar represents standard deviation among three separate
hydrolysis experiments.

2.2. Bioprocess Development Using HWCOFA Mixture as the Carbon and Energy Source

In order to develop a robust growth of P. putida KT2440 in a bioreactor using hWCO as carbon
substrate, three fed batch strategies were undertaken. All fermentations had the same concentration of
12 g/l HWCOFA at the time of inoculation. Cells were incubated for three hours before any additional
HWCOFA was supplied to the bioreactor. The first feed strategy (FS1) is based on the supply of
substrate through a pulse feed starting with 12 g of HWCOFA at T3, followed by pulses of the same
amount of HWCOFA at T5, T6, and T7 hours (Figure 2). Over the next two hours the pulse feeds were
18 g and 24 g, followed by a 30 g pulse at T11, a 34 g pulse at T12, two 35 g pulses at T13 and T14, and
two 40 g pulses at T15 and T16 (Figure 2). Between T17 and T25, 10 pulses of 45 g of HWCOFA were
fed. This was followed by 48 g pulses at time 26 and 27 hours, and finally 50 g and 55 g at time 28 and
29 hours, respectively (Figure 2). This feed strategy was based on a feed strategy for nonanoic acid and
designed to delay oxygen limitation typically occurring at high cell density growth [39]. The dissolved
oxygen in the liquid medium was used as a tool to determine when substrate feeding should occur,
and in this strategy, the dissolved oxygen was kept below 5%. A total of 967 g of HWCOFA were
supplied over a 30 h incubation, with P. putida KT2440 achieving a final CDW of 115 g/l (Figure 3).
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Figure 2. Hydrolysed waste cooking oil fatty acids (HWCOFA) pulse feeding strategies. Feed strategies
FS2 and FS3 have the same feed profile as FS1 up to T17 hours after, at which time the number of pulses
and the amount of HWCOFA supplied was different to FS1. FS1 supplied a total of 967 g of HWCOFA,
FS2 804 g of HWCOFA, and FS3 844 g of HWCO, in 30 h fermentation. The starting volume of the
culture was 3 l, which increased to 4.2 l for FS1 and FS3 and to 4.1 l for FS2.

We have observed that the growth rate started to slow at 19 hours (Figure 3). Therefore, we designed
a second feed strategy (FS2), building on the FS1. The substrate was supplied to the same amount until
T17 hours, followed by 9 pulses of 33 g of HWCOFA until T26 hours, and pulses of 36 g, 37 g, 40 g, and
33 g at T27, T27.5, T28, and T39 (Figure 2). FS2 supplied a total of 804 g of HWCOFA, achieving a final
biomass of 145 g/l with a delayed onset of the stationary phase observed (Figure 3). The final strategy,
FS3, was also an adaptation of FS1 with the same amount of HWCOFA supplied to the bioreactor up to
17 hours, followed by nine 35 g pulses between T17.5 and T23, four pulses of 40 g between T24 and
T28, and a final 45 g pulse at T29 (Figure 2). The total HWCOFA supplied to the fermentation medium
was 844 g, which resulted in a final CDW of 159 g/l (Figure 3). PHA accumulation was detected after
approximately 10 hours of incubation and linearly increased for longer in FS2 and FS3 (Figure 4).
The highest substrate to biomass yield of was achieved with FS3 resulting in 1.5-fold improvement
compared to FS1, while substrate to PHA yield increased 1.9-fold, with FS3 compared to FS1 (Table 1).
Interestingly, the PHA content of cells decreased towards the end of the bioprocess with FS2 and FS3
(Figure 4), but without the corresponding drop in biomass (Figure 2).
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Figure 3. Growth of P. putida KT2440 on hydrolysed waste cooking oil fatty acids (HWCOFA) using
three different feed strategies: FS1, FS2, and FS3. Biomass is represented as cell dry weight (CDW; g/l).
Data are the average of three independent biological replicates and the error bars represent standard
deviation among these.

 5 

 

Figure 4. The dynamics of PHA (g/l) accumulation by P. putida KT2440 resulting from feed strategies FS1,
FS2, and FS3. The error bars represent standard deviation among three independent biological replicates.
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Table 1. Growth data for P. putida KT2440 using different feeding strategies.

Substrate Feed Strategy Initial Volume (l)
Total Substrate Used

(g)
Final CDW (g/l) Final Volume (l) Total Biomass (g)

HWCOFAs *

1 3 967 115.1 4.2 483.4

Final PHA (%CDW) Final PHA (g/l)
PHA productivity

(g/l/h)
Total PHA produced

(g)
Biomass Yield (g/g) PHA Yield (g/g)

30.6 35.2 1.17 147.9 0.50 0.15

HWCOFAs

Feed strategy Initial Volume (l)
Total substrate used

(g)
Final CDW (g/l) Final Volume (l) Total Biomass (g)

2 3 804 145.2 4.1 595.3

Final PHA (%CDW) Final PHA (g/l)
PHA productivity

(g/l/h)
Total PHA produced

(g)
Biomass Yield (g/g) PHA Yield (g/g)

25.5 37.0 1.23 151.8 0.74 0.19

HWCOFAs

Feed strategy Initial Volume (l)
Total substrate used

(g)
Final CDW (g/l) Final Volume (l) Total Biomass (g)

3 3 881 159.4 4.2 669.5

Final PHA (%CDW) Final PHA (g/l)
PHA productivity

(g/l/h)
Total PHA produced

(g)
Biomass Yield (g/g) PHA Yield (g/g)

36.4 58.0 1.93 243.7 0.76 0.28

* HWCOFAs: hydrolysed waste cooking oil fatty acids. Data are the average of three independent biological replicates (SD < 5%).
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2.3. Polymer Analysis

The specific industrial application of PHAs is determined by the mechanical and thermal properties
of the biopolymer. These characteristics are affected by the monomer composition, which varies
according to the metabolic machinery of the organisms and the substrate supplied [40,41].

The polymer accumulated by P. putida KT2440 using HWCOFA is sticky, waxy, and
has low molecular weight (Table 2). It contained 42 mol% of (R)-3-hydroxydecanoic acid,
39 mol% of (R)-3hydroxyoctanoic acid, 8 mol% of (R)-3-hydroxydodecanoic acid, 6 mol% of
(R)-3-hydroxyundodecanoic acid, and 5 mol% of (R)-3-hydroxyhexanoic acid. The polydispersity
value of just under 2 is typical for mclPHAs (Table 2). Thermal analysis showed a similar low glass
transition temperature for both polymers (Table 2). These properties indicate the polymer could be
useful for adhesive applications.

Table 2. Properties of PHA polymer extracted from P. putida KT2440 grown on hydrolysed waste
cooking oil fatty acids (HWCOFAs).

Substrate Conditions Td (◦C) Tg (◦C) Tm (◦C) Mn Mw

HWCOFAs 270.61 ± 1.6 -56.1 ± 0.5 20.7 ± 0.5 22954 ± 975 45317 ± 62

Td—thermal degradation temperature; Tg—glass transmission temperature; Tm—melting temperature;
Mn—number; Mw—molecular weight.

3. Discussion

We have developed a successful bioprocess for the high cell density conversion of HWCOFA
into mclPHA with high PHA volumetric productivity (Table 1). WCO represents a major pollutant
due to the poor end-of-life management [42]. The dominant route for the WCO management is
incineration, which leads to the loss of the valuable resource [43]. The bioprocess reported here
contributes to the end-of-life management through valorisation of this waste material and production
of a biodegradable polymer.

While the use of modelling informs the strategy to optimise processes and reduces unnecessary
experimentation [44], the building of the model depends upon the accurate measurement of variables,
such as substrate concentration. Long-chain length fatty acids such as those found in HWCO are
insoluble in water [45]. The hydrophobicity of the fatty acids results in a lack of uniformity in their
dispersion in an aqueous medium and the sticking of fatty acids to the wall of the bioreactor. Thus,
it was not possible to accurately measure substrate utilisation and a mathematical model of the process
could not be constructed. Therefore, an empirical approach was taken in developing a bioprocess
for conversion of HWCOFA to mclPHA. Oxygen limitation is a typical reason for termination of
aerobic high cell density fermentations, causing the onset of the stationary phase [39]. Oxygen uptake
rate is proportional to the cell generation rate, and therefore a gradual decrease in growth rate by
decaying the amount of substrate fed should result in high cell density while avoiding the negative
physiological effects of growth halt. To initiate the fed batch fermentation, 12 g/l of HWCOFA was
used as the starting concentration, as this is known to be below the inhibitory concentration of fatty
acid substrates [46]. The fed batch process began with the first feed of HWCOFAs 3 h after inoculation.
The rate of substrate feeding then was varied by increasing amounts of the fed substrate, followed by
constant feed of the substrate throughout the exponential to early stationary phase (Figure 2). Decaying
feeds in FS2 and FS3 caused a delayed onset of stationary phase, and therefore higher final biomass
(Figure 3). Decaying feeds also resulted in increased PHA accumulation, likely due to preventing the
accumulation of the inhibitory level of fatty acids.

Another challenge we encountered when developing this bioprocess was foaming. The same
issue was described when crude fatty acids were supplied as a carbon substrate in bioreactors at
concentrations greater than 10 g/l [31]. Thus the implementation of this technology at scale will require
good foam breakage and dispersion.
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High PHA productivity when fatty acids are used as a substrate was reported earlier. Lee and
co-workers observed Aeromonas hydrophila cells with 45.2% of the CDW as PHA accumulation, and
a PHA productivity of 1.01 g/l/h with lauric acid and oleic acid [47]. P. putida KT2442 grown on
oleic acid and P. putida KT2440 grown on nonanoic acid have achieved productivities at 1.9 g/l/h
and 2.3 g/l/h, respectively [39,47]. In this work, when HWCOFA was used as a substrate, the PHA
volumetric productivity was 1.9 g/l/h (Table 1). Thus, low cost HWCOFA show as much potential for
PHA production as more expensive virgin fatty acids.

While a number of studies investigated the production of mclPHAs from vegetable oils, waste
cooking oils, and saponified waste palm oil [48–51], this is the first study to use HWCOFA for mclPHA
production, with high cell density and high PHA productivity in a bioreactor. For example, a mixture
of glucose and 2% free fatty acids was used for the growth and PHA accumulation by P. aeruginosa

47T2 in shaken flasks [52]. While achieved PHA levels were comparable between this and our study,
the biomass (7.9 g/l CDW) reported by Haba et al. [52] is 18.7-fold lower than the biomass achieved in
the present study. Similarly, the ability of P. oleovorans, P. resivorans, and P. putida to produce mclPHA
from tallow was demonstrated only at low cell density [53]. Conversion of saponified waste palm oil
as the sole source of carbon and energy into PHA in a bioreactor by Pseudomonas sp. Gl01 was reported
by Możejko and Ciesielski [51]. However, our bioprocess based on FS3 achieves 33-fold higher PHA
productivity compared to productivity reported by Możejko and Ciesielski [51].

The vast majority of studies report on the need for inorganic nutrient limitation in order to
observe PHA accumulation in Pseudomonas and other strains [24,54,55]. In the current study, P. putida

KT2440 accumulated PHA early in the growth cycle when no inorganic nutrient limitation occurred.
The fatty acids present in HWCO feed directly into beta-oxidation. The resultant intermediates are
PHA precursors. Given the high energy state of cells as a result of growth on long chain fatty acids and
the presence of precursors in the cell it is not surprising that we observed PHA accumulation, as the
conditions for accumulation of PHA were ideal.

PHA accumulated by bacteria supplied with vegetable oil derived free fatty acids and animal
fat derived free fatty acids display liquid properties at room temperature similar to the polymers
arising from the supply of HWCOFAs to bacteria in the current study [21,56]. These polymer properties
can be explained by the high degree of disorder and by the long chain monomers acting as internal
plasticisers [30]. However, the molecular weight (Mw) of PHA polymers accumulated by Pseudomonas

species supplied with other fatty acid substrates, such as oleic acid, lauric acid [57], and mystiric
acid [34], were between 2 and 4.2-fold higher than those seen in our study.

In conclusion, we have developed a high cell density cultivation with the highest known PHA
productivity bioprocess using WCO as a source of waste fatty acids. The PHA productivity is similar
to that achieved with pure single source fatty acids [28,34,47] and shows great promise for process
scale up and polymer product development.

4. Materials and Methods

4.1. Bacterial Growth Medium & Strain Maintenance

Minimal Salt Medium (MSM) was used as the growth medium for all strains in shaken flask
experiments. This medium contains (per litre): 9 g Na2HPO4x12XH20, 1.5 g KH2PO4, 1 g NH4Cl,
200 µg MgSO4, and 1000 µL trace elements solution. The trace elements solution contained (per litre in
1M HCl): 4 g ZnSO4X7H20, 10 g FeSO4. X 7H20, 1 g CuCl2X2H20, 1 g MnCl2X4H20, 1 g Na2B4O7X10H20,
0.2 g NiCl2X6H20, and 0.3g Na2MoO4X2H20. Pseudomonas putida KT2440 [ATCC® 47054™] was grown
on Pseudomonas isolation agar (PIA) (Fluka analytical).

4.2. Waste Cooking Oil (WCO) Hydrolysis

The WCO was supplied by Frylite® (Dublin, Ireland). A measure of 100 g of WCO was hydrolysed
using 100 mL of 6 M NaOH. The mixture was heated at 60 ◦C for 90 min. The resultant saponified fatty
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acid mixture was precipitated through the addition of 400 mL of 6 M HCl. The mixture was decanted
into a separating funnel and the fatty acid phase separated from the aqueous phase, containing salts
and glycerol. The fatty acid phase was washed with approximately 1000 mL of distilled water, filtered
using a vacuum system (Fisher FB59037 Range QL100, Dublin, Ireland), and supplied as the sole
carbon and energy substrate in fermentations.

4.3. Fermentation Conditions

A single colony of P. putida KT2440 from a PIA plate was inoculated into 50 mL Minimal Salt
Media (MSM) in flask experiments, as previously described [58]. Flasks were supplemented with 3 g/l
of technical oleic acid (Sigma Aldrich, Dublin, Ireland). Flasks were incubated at 30 ◦C, shaking at
200 rpm for 16–18 h. Four 50 mL cultures of P. putida KT2440 overnights were prepared for inoculation
into a fermenter.

Fermentations were performed in a Biostat B+ bioreactor with a 5 litre working volume (Sartorius).
MSM was used as the base media for all fermentations. The fermentations had an initial volume of
3 litres, with an initial agitation of 500 rpm. The temperature was maintained at 30 ºC and pH was
controlled at 6.9 +/− 0.1 by the addition of 20% NH4OH solution or 15% (v/v) H2SO4. The NH4OH also
acted as a nitrogen source. Foaming was controlled by the addition of antifoam solution (polypropylene
glycol P2000, Sigma). Dissolved oxygen (DO) was set at 20% of saturation and was increased by
increasing agitation. O2 was supplied as air at a constant flow rate of 5 litres per minute. To start, the
fermentation substrate was supplied at a concentration of 12 g/l. Three pulse feeding strategies for
HWCOFA were undertaken and are described in the results section.

4.4. Analysis of Fatty Acids in Hydrolysed Waste Cooking Oil

Fatty acids generated by hydrolysis of WCO and virgin plant oil standards (Sigma Aldrich)
were derivatised with N-Methyl-N-(trimethylsilyl)trifluoroacetamide (TMS). A measure of 2 mL of
chloroform was placed in a gas chromatography vial. Then, 1 µL of the substrate and 20 µL of TMS were
added. The vial was incubated at 70 ◦C for 30 min. The fatty acids were then analysed using an Agilent
6890N gas chromatograph (GC) (Cork, Ireland) fitted with a 5973 series inert mass spectrophotometer
(MS). A HP-5 column (12 m × 0.2 mm × 0.33 µm; Hewlett Packard) was used with an oven method of
50 ◦C for 3 min, increasing by 10 ◦C /min to 250 ◦C and holding for 1 min. A 10:12 split was used with
helium as the carrier gas and an inlet temperature of 250 ◦C.

4.5. PHA Content and Monomer Composition Determination

Determination of the PHA content of cells and monomer composition of PHA was determined by
subjecting lyophilised cells to acidic methanolysis [59,60]. Dried cells were weighed (5 to 10 mg) and
suspended in 2 mL of acidified methanol (15% H2SO4, v/v) and 2 mL of chloroform, containing 6 mg/l
benzoate methyl ester as an internal standard. The solution was placed in 15 ml Pyrex test tubes, sealed,
and incubated at 100 ◦C for 3 h. The tubes were then placed on ice for 1 min. A meausre of 1 mL of
water was added to each tube, and the solution was mixed by vigorous vortexing for 1 min. The phases
were allowed to separate, and the organic phase was removed and passed through a filter before
further analysis. The 3-hydroxyalkanoic acid methyl esters were analysed by gas chromatography
(GC) using an Agilent 6890N chromatograph equipped with a HP Innowax column (30 m × 0.25 mm ×
0.5 µm) and a flame ionisation detector (FID). An oven ramp cycle was employed as follows: 120 ◦C for
5 min, increasing by 3 ◦C/min to 180 ◦C, and at 180 ◦C for 10 min. A 20:1 split was used with helium as
the carrier gas and an inlet temperature of 250 ◦C. Commercially available 3-hydroxyalkanoic acids
(Bioplastech Ltd Dublin Ireland) were methylated as described above for PHA isolated from P. putida

KT2440, and they were used as standards to identify individual PHA monomers. The unsaturated
monomers were detected using the programme described for the analysis of fatty acids.
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4.6. Nutrient and Biomass Analysis

Samples were taken at 1 or 2 h intervals during the fermentations. Two 2 mL samples were
taken and centrifuged at 17.960× g for 3 min. The supernatant was decanted into a separate tube, and
the cell pellets and supernatant were frozen at –80 ◦C. Cell dry weight (CDW) was determined by
first freezing the cell pellet and then lyophilising (freeze-drying) the cell pellet at –80 ◦C overnight
and subsequently weighing the cells. For cultures grown in a 50 mL flask, cell suspensions were
centrifuged at 3,220× g for 10 min, and 2 mL of supernatant was retained and the remainder discarded.
Pellets were resuspended in 1 mL of DI water and then transferred into Eppendorf tubes. These were
then centrifuged at 17.960× g for 3 min; the supernatant was discarded and the pellets treated as the
samples from the bioreactor. The concentration of nitrogen in the supernatant was determined using
the method described by Scheiner [61]. The soluble inorganic phosphate concentration was determined
using the USA EPA colorimetric method (USEPA, 1978).

4.7. Polymer Isolation

Cells were harvested from the bioreactor in a Sorvall centrifuge (Fisher Scientific, Dublin, Ireland) at
25,040 g. Harvested cells were frozen at−80 ◦C for 24 h and then lyophilised (Labconco, Fisher Scientific).
PHA was isolated from freeze-dried cells using room temperature acetone. This involved the stirring
of 10 g of cells suspended in 100 mL acetone for 24 h. The mixture was allowed to settle, and the
supernatant was filtered using a 0.2 µm PTFE filter. Acetone containing PHA was then subjected
to rotary evaporation under vacuum until approximately 90 mL of acetone had been recovered.
The polymer was precipitated using 2 vol of a wash solution consisting of 35% methanol, 35% ethanol,
and 30% distilled water [62]. The supernatant was then decanted, and the precipitated PHA was
allowed to dry before further analysis.

4.8. PHA Characterisation

4.8.1. Gel Permeation Chromatography (GPC)

The average molecular weight (Mw), the molecular number (Mn), and the polydispersity index
(PD) of the polymer were measured by GPC using PL gel 5 mm mixed-C +PL gel column (Perkin-Elmer,
Dublin, Ireland)) with the PELV 290 UV-vis detector set at 254 nm. Spectroscopic grade chloroform
was used as the eluent flow rate of 1.0 mL/min. A sample concentration of 1% (w/v) and injection
volumes of 500 µL were used. A molecular weight calibration curve was generated with polystyrene
standards with low polydispersity [63].

4.8.2. Differential Scanning Calorimetry (DSC)

The polymer was analysed by DSC (Perkin-Elmer, Dublin,) with a Perkin–Elmer Pyris Diamond
calorimeter calibrated to Indium standards to determine the glass transition temperature (Tg), melting
temperature (Tm), and degradation temperature (Td). The samples were encapsulated in hermetically
sealed aluminium pans and heated from −70 ◦C to 100 ◦C at a rate of 10 ◦C/min. To determine the
glass transition temperature (Tg) the samples were held at 100 ◦C for 1 min and rapidly quenched to
−70 ◦C. The samples were then reheated from −70 to 100 ◦C at 10 ◦C/min to determine the melting
temperature (Tm) and glass transition temperature (Tg). Finally, the samples were heated to 350 ◦C at
a rate of 10 ◦C/min to determine the thermal destruction temperature (Td) [63].
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Abstract: Sugar esters are bioactive compounds derived from renewable resources. They consist
of a sugar moiety with attached non-polar part – usually a fatty acid. These compounds find
uses in cosmetic, food and pharmaceutical industries as surfactants due to their physicochemical
and antimicrobial activities. In this study we have produced fatty acids for sugar ester synthesis
from bacterially derived polyesters, namely polyhydroxyalkanoates (PHAs). We have developed
methodology to decorate PHA monomers with a fluorinated moiety. With aid of biocatalysis a
series of glucose esters was created with unmodified and modified PHA monomers. All synthesised
compounds showed moderate antimicrobial activity.

Keywords: polyhydroxyalkanoate; (R)-3-hydroxyacids; biocatalysis; sugar esters; antimicrobial

1. Introduction

Sugar esters represent a class of biodegradable and bioactive compounds that brought attention
of scientists and industries in recent decades [1]. These molecules are composed of a hydrophilic
sugar component (rich in hydroxyl groups) connected via ester bonds to a hydrophobic part, usually a
carboxylic acid. The number and the length of these acid derived chains, together with the number of
hydroxyl groups of the particular sugar determine the hydrophilic-lipophilic balance (HLB) - a unique
property of a given molecule of sugar ester. At the same time their chemical structures enable them to
form micelles, emulsions, stabilize foams thanks to their surface active properties [2,3]. These features
bring practical importance of sugar fatty acids esters (SFAEs), hence they are widely used in the food,
cosmetic and pharmaceutical industries (as additives for dairy products, feeds, creams, gels, shampoos,
pastes, ointments) [3–7]. SFAE not only have interesting physicochemical properties, but also are
biologically active [8,9], increase the cell membrane permeability of microorganisms and inactivate
transmembrane proteins, thus exposing microbes to adverse external factors, loss of intracellular
proteins and valuable nutrients leading to an immediate inactivation [10,11].

The most popular among the sugar esters are those which contain glucose, galactose, sucrose or
lactose because of their availability from natural resources [12–16]. The hydrophobic component is
commonly derived from plant or animal biomass, e.g., butyric (C4), caprylic (C8), pelargonic (C9),
lauric (C12), palmitic (C16) and stearic (C18) acids [5,8,9,17,18]. Depending on the length of aliphatic
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chain, its branching and existence of additional functional groups SFAE molecules may be more or less
available for a given organism (due to variations in cell membrane transfer) and also faster or slower
decomposed by enzymes (lipases, glycosidases). The presence of additional functional groups in the
aliphatic chain modifies both the physical properties and therapeutic effect of SFAE, thus enhancing its
biological effectiveness and spectrum [19–22]. These include phenyl, hydroxyl, amino, hydroxyphenyl,
methoxy-phenyl and halogen-containing moieties, e.g., phenyl-fluorine, or alkyl halides [23–26]. Out
of the mentioned modifiers, the fluorine most profoundly alters the molecule’s biological functions
(i.e., increases the free-radical production; influences bio-retention due to increased hydrophobicity of
a given molecule) [27–29].

In order to aid in the search for new modifiers of the hydrophobic component of SFAE we tapped
into monomeric units that build bacterially derived polymers. Bacteria synthesise polyhydroxyalkanoates
(PHAs) in response to unfavourable environmental conditions employing sophisticated biochemical
apparatus [30]. PHAs are composed of 3-hydroxylated fatty acids, where the hydroxyl group is always
in an absolute R configuration [31]. Existence of this hydroxyl group on the carboxylic acid moiety
opens interesting paths for modifications [32]. For example, it can be readily used to form an ether bond
between oxygen atom and a halogenated alkyl group, which may influence their potential therapeutic
effect. In recent years similar modifications of PHA monomers have been performed. However, they
relied on the elimination of the hydroxyl group on chiral 3rd carbon atom and its exchange to 3-chloro,
3-fluorobenzyl, 3-bromo, 3-fluoro or amino group, which led to the loss of chirality of the molecule,
but improved bacteriostatic properties [33,34].

Our study presents the development of a biocatalytic synthesis method for the preparation of
unique glucose esters based on PHA derived monomers, namely mixtures of (R)-3-hydroxynonanoic and
(R)-3-hydroxyheptanoic acids or (R)-3-hydroxy-5-phenylpentanoic and (R)-3-hydroxy-3-phenylpropionic
acids arising from two types of PHA polymers obtained in bacterial fermentation process grown on,
respectively, nonanoic or 5-phenylvaleric acids. The PHA derived acids were further functionalised with
a 2,2,2-trifluoroethyl trifluoromethyl sulphate moiety. The virgin mixtures or their modified counterparts
were attached to glucose via lipase mediated biocatalytic reaction in a water-free organic solvent systems.
The resulting novel SFAEs were purified and characterised, and submitted to antimicrobial studies in
order to elucidate their potential antimicrobial characteristics.

2. Results and Discussion

2.1. Synthesis of Polyhydroxyalkanoates

P. putida CA-3 was cultured on 5-phenylpentanoic acid (40 mM) in a shake flask for 5 days, which
yielded 2.43 g/L of cell dry weight (CDW) mass with 57% (w/w) of PHA. The extracted PHA polymer
(PHPV) composed of (R)-3-hydroxy-5-phenylpentanoic and (R)-3-hydroxy-3-phenylpropionic acids
in a 94:6 molar ratio. In case of polyhydroxynonanoate (PHN) fermentation, P. putida KT244 strain
was grown on nonanoic acid and accumulated 71% of the polymer in CDW, while the molar ratio of
obtained (R)-3-hydroxynonanoic and (R)-3-hydroxyheptanoic acid monomers was 7:3.

2.2. Modification of PHA Monomers

The procedure described in Section 3 allowed us to obtain 1.26 g (48.5% conversion) of a pure
fraction of desired products (3,4) – PHN derived mixture of hydroxyacids methyl esters. Structural
analysis (1H NMR, MS) of compounds revealed that 3-OH groups of PHN methyl esters were
successfully protected (Figures S4 and S5 in Supplementary Material). Product 10 lost the methyl group
during the ionization in MS, therefore it was identified as acid ([M-H]− 255 m/z) at retention time (Rt)
of 2.3 min. An analogous situation occurred with the shorter protected PHA monomer (product 11),
(227 m/z, Rt = 1.9 min). Additionally, we observed a fragmentation ion (162.9 m/z), which, in accordance
with the theoretical predictions of the fragmentation of compound 11 (Figure S5 in Supplementary
Materials). The remaining chromatography fractions contained either dimers or trimers of 10+11 or
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their fluorinated counterparts. Unfortunately all trials for P3HPV derived fatty acid modifications
ended without significant results. 14C NMR confirmed that an etheric bond between C–O− at the 3rd
carbon atom of the P3HPV monomer aliphatic chain and trifluorethyl group was created. However
purity of the collected fractions was unsatisfying, thus not allowing us from further biocatalytic steps
with the mixture of 34+35. Results of all were gathered and summarized in Table 1.

Table 1. Summary of PHA modifications and their sugar esters synthesis.

Compound Number: Conversion [%]:

15 100
10,11 48.5

7,8 100
13,14 n.c.

26 42.1 *
27,28 85 *
29,30 n.c.

31 43.3 *
32,33 78.7 *
34,35 n.c.

* Conversions calculated from glucose concentrations.

To the best of our knowledge this is a first report that concerns protection of the hydroxyl group
of a PHA monomers without its removal or its substitution by a halogen substituent [24,33–35]. NaH
turned out to be an efficient reactant for hydrogen atoms removal of PHN 3-OH groups and their
activation for an attack of trifluoroethyl moiety, even though lithium diisopropylamide is a much
stronger nucleophil. Most importantly, an extra dry THF as a medium turned out to be the key element
of the whole synthetic process.

Conversion of glucose to its corresponding esters (SFAE) via Thermomyces lanuginosus lipase
(TL-IM) was confirmed by MS/MS analysis (Table 2). Compound 26 was identified as [M+Cl−]− adduct
355 m/z in a scan mode, whereas in Product Ion Scan mode its precursor [M-H]− ion (319 m/z) produced
fragmentation ion 228.9 m/z (Figure S6 in Supplementary Materials). PHN glucose esters (27,28) - both
C9 and C7 were detected as [M + Cl−]− ions in the scan mode, where their signals were 371 and 343 m/z

respectively. In Product Ion Scan mode the precursor and fragmentation ions were observed at 335 and
307 m/z. Compound 27 in Product Ion Scan was characterized by fragmentation signals at 334.7, 172.8,
58.7 m/z. Such fragmentation was consistent with results of the theoretical analysis of the breakdown of
the compound (Figures S7 and S8 in Supplementary Materials). Glucose esters of aromatic compounds
have been synthesized with success, as indicated by their spectra in MS analysis. The product 31 was
detected as the [M-H] − ion (339 m/z). In the case of PHPV sugar esters, only the MS spectrum with
(R)-3-hydroxy-5-phenylpentanoic acid (compound 33) was obtained. The compound was detected
in the scan mode as the mass with the chlorine adduct, ([M+Cl−]− = 391 m/z) with retention time of
1.4 min. In Product Ion Scan mode the 33 precursor ion [M-H]− (355 m/z) did not fragmented within
the range of scanned energy collisions. The yield obtained within our study are comparable to these
obtained for acylation of glucose by others [36,37].

2.3. Antimicrobial Testing

The initial microbial experiment showed that MIC (or Minimum bactericidal concentration—MBC)
values of both unmodified and modified PHA monomers and their glucose esters are in most cases
higher than 500 µg mL−1, which is 50,000 fold higher than commonly used antibiotics (Ciplofloxan,
Fluxonazole) [38,39]. Nevertheless, the literature reports and our results show that SFAEs in general
have a bacteriostatic effect if present in higher concentrations, which can be used for other than
therapeutic purposes (e.g., in the cosmetic or food industries, as surfactants/emulsifiers) [20,21,40,41].
Therefore, we increased the tested concentrations up to 5000 µg mL−1 (Table 3).
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Table 2. Precursor ions and Product ions of tested compounds in product ion scan mode.

Compound Precursor Ion (m/z) Product Ions (m/z) Collision Energies (eV) Retention Time (min)

1 157 157.1 5 1.6
3 173 173.1, 59 5 1.9
4 145 145.1, 59 5 1.8
5 191 114.8, 190.6 5 1.6
7 207 176.9, 206.9 5 1.6
8 179 n.c - -
12 255 255 5 2.3
13 227 226.7, 162.9 5 1.9
26 319 318.5, 228.9 5 1.7
27 335 334.7, 172.8, 58.7 10 1.4
28 307 n.c. * - -
29 417 417.1 25 1.6
30 389 n.c - -
31 339 338.9 5 1.7
33 356 354.9 5 1.4
32 n.c. n.d. * - -

* n.c.—not confirmed, n.d.—not determined.

The results obtained during this study prove that microorganisms exhibit different sensitivity to
antimicrobial agents, which strongly depends on the type of carbohydrate used, length of fatty acids
attached to the sugar and moiety linked to the fatty acid part of SFAE. 5-phenylvaleric acid proved to
be more effective against the tested bacteria at lower concentrations compared to aliphatic nonanoic
acid. The antibacterial action of acids with the phenyl group has been known before—phenylpropionic
or phenylacetic acid have a strong antibacterial effect on various types of bacteria such as S. aureus,
C. albicans and E. coli at 1000 µg mL−1 [42]. The opposite situation was observed in the case of
inhibition of Candida growth, where nonanoic acid was more effective at 10 times lower concentrations
compared to aromatic acids [43]. It has been reported that nonanoic acid could be active against
some dermatophytes and non-dermatophyte fungi. Some of other saturated fatty acids (i.e., capric
and lauric) have been also reported to possess the inhibitory effect against Candida spp. Fungicidal
activity of fatty acids could be determined by mechanisms focused on yeast membrane disruption [43].
Sugar fatty acids esters also tend to be biologically beneficial in combating fungi. Their emulsifying
properties could be successful implement in detergents and cosmetic production.

PHA monomers with a hydroxyl group at the 3rd carbon atom showed a stronger antibacterial
activity (for bacteria strain such as Staphylococcus aureus NCTC 4163 and Bacillus cereus ATCC 11778),
when compared to their fatty acids analogues without the 3-OH group. Similar results were obtained
by Sandoval and colleagues, who tested the effect of the hydroxyl group on the antibacterial properties
of PHA monomers [44]. For other strains tested no improvement of antibacterial activity was observed
in the MIC between 5-phenylvaleric acid and PHPV derived monomer mixture. Attachment of the
fluorinated moiety to PHN derived monomers did not significantly influenced their biological activity
against tested strains.
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Table 3. Activity of modified and unmodified PHA monomers and their SFAE against standard bacteria and fungi strains – minimal inhibitory concentrations (MIC, µg mL−1).

Ciprofloxacin/
Fluxonazole

[34,35] [32,33] [27,28] [31] [26] [10,11] [7,8] [3,4] [5] [1] Compound [ug mL−1]:

4 2500 >5000 2500 5000 5000 2500 2500 1250 1250 2500 Staphylococcus aureus NCTC 4163
0.5 5000 >5000 1250 >5000 5000 2500 2500 2500 1250 2500 Staphylococcus aureus ATCC 6538
0.5 >5000 >5000 >5000 >5000 5000 2500 2500 2500 1250 2500 Staphylococcus epidermidis ATCC 12228
0.5 5000 >5000 1250 >5000 5000 2500 1250 2500 1250 2500 Staphylococcus epidermidis RP 62A
0.5 >5000 >5000 >5000 >5000 5000 2500 2500 2500 2500 2500 Enterococcus hirae ATCC 10541
0.5 >5000 >5000 >5000 >5000 2500 2500 2500 1250 1250 2500 Bacillus cereus ATCC 11778
0.5 >5000 >5000 >5000 >5000 5000 2500 2500 2500 1250 2500 Bacillus subtilis ATCC 6633
0.5 >5000 >5000 >5000 >5000 >5000 2500 5000 5000 2500 5000 Escherichia coli ATCC 25922
0.5 >5000 >5000 >5000 >5000 >5000 5000 5000 5000 2500 5000 Pseudomonas aeruginosa ATCC 27853

0.5 >5000 >5000 >5000 >5000 5000 2500 2500 5000 2500 2500 Salmonella enterica subsp. fnterica CIP
108115

0.5 >5000 >5000 5000 >5000 5000 2500 1250 2500 2500 2500 Listeria monocytogenes
0.5 >5000 >5000 >5000 >5000 313 5000 >5000 >5000 625 156 Candida parapsilosis ATCC 22019
0.5 >5000 >5000 >5000 >5000 625 5000 >5000 2500 1250 313 Candida albicans ATCC 90028
0.5 >5000 >5000 >5000 >5000 625 >5000 >5000 5000 1250 156 Candida krusei ATCC 6258
0.5 >5000 >5000 >5000 >5000 1250 5000 >5000 5000 1250 156 Candida albicans ATCC 10231
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Sugar esters synthetized in this work revealed weak antibacterial to moderate antifungal activities
(Table 3). C9-glucose ester (26) exhibited the highest antifungal activity of all studied sugar esters
(MIC values of 313; 625; 625 µg mL−1 for C. parapsilosis; C. albicans ATCC 90028; C. crusei ATCC 1023,

respectively). We observed also some antibacterial activity of PHN glucose esters (27,28) towards
Staphylococcus spp. in MIC range of 1250–2500 µg mL−1. When modified with fluorine moiety, the PHN
derived esters (34,35) retained their antimicrobial activity for Staphylococcus aureus NCTC 4163 (MIC
2500 µg mL−1). For other tested pairs (glucose esters vs. tested strain) we did not observe significant
antimicrobial action. These findings are in line with reports of others, where glucose or maltose sugar
esters (fatty acid carbon atoms n = 8–14) revealed MIC values between 250 to 2000 µg mL−1, when
tested against a range of Gram negative and positive strains [10,45].

3. Materials and Methods

3.1. Synthesis of Polyhydroxyalkanoates

Polyhydroxynonanoate (PHN; 2) was produced with Pseudomonas putida KT2440 strain with
nonanoic acid (1) in the fermentation feed as the sole energy and carbon source (Figure 1A) as described
in our previous study [46]. Polyhydroxyphenylvalerate (PHPV; 6, Figure 1B) was obtained in shake flask
cultures with Pseudomonas putida CA-3 (50 mL total medium volume in 250 mL Erlenmeyer flasks, 30 ◦C,
250 rpm, 5 day fed-batch cultivation) in Minimal Salt Medium (containing (g L−1): Na2HPO4·12H2O,
9.0; KH2PO4, 1.5; MgSO4·7H2O, 0.2; NH4Cl, 1.0; CaCl2·2H2O, 0.02; Fe(III)NH4-citrate, 0.0012) with
sodium phenylvalerate (total 80 mM). Polymers were extracted with ethyl acetate and characterised
as described previously [46]. The polymers were degraded to their monomeric units via an acidic
methanolysis (15% H2SO4 in methanol) to yield hydroxy fatty acid methyl esters according to previously
established protocol [34].

3.2. Modification of PHA Monomers

Several methods of the 3-OH PHA methyl esters groups’ halogenation were tested.
Briefly different fluorinated alkyl iodes (1-fluoro-3-iodopropane; 1,1-difluoro-2-iodoethane;
1,1,1-trifluoro-3-iodopropane), various nucleophiles (sodium hydride (NaH; 60%), lithium
diisopropylamide (LDA)) and different media (dimethylformamide (DMF), dichloromethane (DCM),
tetrahydrofuran (THF)) were tested. Finally one method was chosen and was as follows. To stirred
solution of 2.26 g PHN (2; 1 eq. mol) in anhydrous THF (20 mL), NaH (1.2 eq. mol) was added under
argon atmosphere. After 30 min 2,2,2 -trifluoroethyl trifluoromethyl sulfate (9; 1.2 eq. mol) was added
(Figure 1C). The reaction mixture was stirred on ice overnight. After acidification, an extraction in
ethyl acetate (Et-Ac)/H2O was performed. TLC in Ac 1:7 H confirmed that no PHN (2) was left in
the reaction mixture. Versa flash chromatography purification gave fraction of 1.5 g fluorinated PHN
methyl esters (10,11) mixture (1H NMR spectra are available in supplementary materials). PHPV
modification followed under the same procedure (Figure 1D). After modifications a part of all of the
obtained monomers was converted into their acidic forms using Candida antractica lipase B (CalB) in
water environment (Figure 1F,H). Briefly 300 mg of a given methyl ester was dissolved in 2 mL of
dichloromethane. To 5 mL of H2O, 85 mg of lipase was added. Both mixtures were combined and
vigorously shaken (240 rpm, 35◦C) overnight. Mixtures were acidified to pH 4 with HCl, and brine was
added followed by the addition of 7 mL of ethyl acetate in order to extract (3×) the desired fatty acid.

3.3. SFAE Synthesis

Enzymatic reactions were carried out in water free 2-methyl-2-butanol (2M2B) in 10 mL total
volume. Glucose was supplemented to yield 4 mg mL−1 (1 eq. mol), whereas methyl nonaoate (15)
to 11 mg mL−1; PHN methyl esters (3, 4) 9.5 mg mL−1; fluorinated PHN methyl esters (10,11) 11.46
mg mL−1; 5-phenylpentanoic methyl esters (20) to 8.3 mg mL−1; PHPV methyl esters (7,8) 9.02 mg
(to 2 eq. mol). A quantity of 100 mg mL−1 of molecular sieves (4Å) was added to withdraw the water
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formed. Reactions were initiated by addition of 12 mg mL−1 of an enzyme (Thermomyces lanuginosus

lipase herein referred to as TL-IM), with shaking (240 rpm), at 55 ◦C for 24 h (New Brunswick Scientific
Exella E24 Incubator Shaker Series; (Figure 2)) [36,37,47]. Samples were collected at set intervals and
were analysed on HPLC-MS system.

 

Figure 1. Scheme of synthesis PHA and modifications their monomers (A+B: PHN synthesis
and methanolysis; C+D: Fluorination of PHN monomers E+G: methyl ester synthesis; F+H:
demethylation of substrates with CalB); 1. nonanoic acid; 2. poly-3-hydroxyhydroxynonaoate;
3. methyl (3R)-3-hydroxynonanoate; 4. methyl (3R)-3-hydroxyheptanoate; 5. 5-phenylpentanoic
acid; 6. poly-3-hydroxypentanoate; 7. methyl (3R)-3-hydroxy-5-phenylpentanoate; 8. methyl
(3R)-3-hydroxy-3-phenylpropanoate; 9. 2,2,2-trifluoroethyl trifluoromethyl sulfate; 10. methyl
(3R)-3-(2,2,2-trifluoroethoxy)nonanoate; 11. methyl (3R)-3-(2,2,2-trifluoroethoxy)heptanoate;
12. trifluoromethyl hydrogen sulfate; 13. methyl (3R)-5-phenyl-3-(2,2,2-trifluoroethoxy)pentanoate;
14. methyl 3-phenyl-3-(2,2,2-trifluoroethoxy)propanoate; 15. methyl nonanoate;
16. (R)-3-hydroxyheptanoic acid; 17. 3-(2,2,2-trifluoroethoxy)heptanoic acid; 18. (R)-3-hydroxynonanoic
acid; 19. 3-(2,2,2-trifluoroethoxy)nonanoic acid; 20. methyl 5-phenylpentanoate;
21. (R)-3-hydroxy-5-phenylpentanoic acid; 22. 5-phenyl-3-(2,2,2-trifluoroethoxy)pentanoic
acid; 23. (R)-3-hydroxy-3-phenylpropanoic acid; 24. 3-phenyl-3-(2,2,2-trifluoroethoxy)propanoic acid.
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Figure 2. Scheme of synthesis SFAE. 25. Glucose [(2S,5S)-6-(hydroxymethyl) oxane-2,3,4,5-tetrol];
26. [(3S,6S)-3,4,5,6- tetrahydroxyoxan-2-yl] methyl nonanoate]; 27. [(3S,6S)-3,4,5,6-tetrahydroxyoxan-2-yl]
methyl (3R)-3-hydroxynanonoate; 28. [(3S,6S)-3,4,5,6-tetrahydroxyoxan-2-yl] methyl (3R)
-3-hydroxyheptanoate; 29. [(3S,6S)-3,4,5,6-tetrahydroxyoxan-2-yl] methyl(3R)-3-(2,2,2-trifluoroethoxy)
nonanoate; 30. [(3S,6S)-3,4,5,6-tetrahydroxyoxan-2-yl] methyl (3R)-3-(2,2,2-trifluoroethoxy) heptanoate;
31. [(3S,6S)-3,4,5,6-tetrahydroxyoxan-2-yl] methyl 5-phenylpentanoate; 32. [(3S,6S)-3,4,5,6-
tetrahydroxyoxan-2-yl]methyl (3R) -3-hydroxy-3-phenylpropanoate; 33. [(3S,6S)-3,4,5,6-
tetrahydroxyoxan-2-yl] methyl (3R)-3-hydroxy-5-phenylpentanoate; 34. [(3S,6S)-3,4,5,6-tetrahydroxyoxan-2-yl]
methyl (3R)-3-phenyl-3-(2,2,2-trifluoroethoxy) propanoate; 35. [(3S,6S)-3,4,5,6-tetrahydroxyoxan-2-yl] methyl
(3R) -3-phenyl-3-(2,2,2-trifluoroethoxy) pentanoate.

3.4. LC-MS

The analyses were performed by UHPLC measurements on Agilent 1290 Infinity System with
automatic autosampler and MS Agilent 6460 Triple Quad Detector (Santa Clara, CA, USA) equipped
with Agilent Zorbax Eclipse Plus C18 column (2.1 × 50 mm, 1.8 µm). Separations were conducted at
30 ◦C at in a gradient of water (A) and methanol (B) according to the eluent program 0.00 min (95%
A/5% B) to 1.00 min (100% B) to 3.51 min (95% A/5% B) to 4.50 min (95% A/5% B) using a flow rate of
0.4 mL min−1. The 5 µl injections of samples were applied in duplicates. An MS Agilent 6460 Triple
Quad tandem mass spectrometer with an Agilent Jet Stream ESI interface was used in negative ion
polarization using either the Scan (MS2 scan) or Product Ion Scan modes. The optimum collision
energy was 5 eV for all of the products. Nitrogen at a flow rate of 10 L min−1 was used as the drying
gas and for collision-activated dissociation. The drying gas and sheath gas temperatures were set
to 350 ◦C. The capillary voltage was set to 3500 V, whereas the nozzle voltage was set to 500 V. All
compounds were monitored in scan and product ion modes with different collision energies (5–30 eV)
(m/z values of products in the Table 2). MassHunter software (Version B.05.00, Agilent, Santa Clara,
CA, USA) was used for HPLC-MS system control, data acquisition, and data processing.

3.5. Antimicrobial Testing

The studies of antimicrobial activity were conducted for modified and non-modified PHA
monomers (acids) and their SFAE derivatives using clinical and reference strains of bacteria and
yeast-like fungi from international microbe collections: ATCC (American Type Culture Collection),
NCTC (National Collection of Type Culture) and CIP (The Collection de l’Institut Pasteur). Among
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reference strains, there were seven Gram-positive bacteria (Staphylococcus aureus NCTC 4163, S. aureus

ATCC 6538, S. epidermidis ATCC 12228, S. epidermidis ATCC 35984, Enterococcus hirae ATCC 10541,
Bacillus cereus ATCC 17778 and B. subtilis ATCC 6633) and four Gram-negative bacteria (Pseudomonas

aeruginosa ATCC 27853, Escherichia coli ATCC 25922, Salmonella enterica subsp. enterica CIP 108115
and clinical isolate of Listeria monocytogenes). The yeast-like fungi used in this study were Candida

spp. (C. parapsilosis ATCC 22019, C. krusei ATCC 6258, C. albicans ATCC 90028 and C. albicans ATCC
10231). Compounds antimicrobial activity was expressed as minimum inhibitory concentration (MIC)
according to The European Committee on Antimicrobial Susceptibility Testing (EUCAST) and The
Clinical & Laboratory Standards Institute (CLSI) reference procedures with some modification. MIC
was tested by the twofold serial microdilution method (in 96-well microtiter plates) on MH II liquid
medium for bacteria or RPMI- 1640 medium for Candida species. The final inoculum of all studies
bacteria was 106◦ CFU/mL (colony forming unit per mL) and 5 × 104 to 2.5 × 105 CFU mL−1 for yeast.
The stock solutions of tested compounds were prepared in DMSO and diluted in sterile medium (to
maximum 3% of solvent content). The concentrations of compounds were from 78 to 5000 µg mL−1.
The MIC value was the lowest concentration of the researched compound at which bacteria growth was
no longer observed after 18 h. Yeast growth was evaluated by absorbance measurement at 530 nm after
at least 24 h of incubation. The MIC was defined as a 50% or more reduction in growth compared to the
control well [38,48]. As controls, two antimicrobial compounds were used: ciprofloxacin (antibacterial)
and fluxonazole (antifungal).

4. Conclusions

This work provides an insight into synthesis of novel range of compounds derived from bacterial
polyesters – polyhydroxyalkanoates. Firstly, we have established a methodology for protection
of hydroxyl group of PHA derived monomers by introducing a fluorinated moiety via an etheric
bond. Secondly, we developed a protocol for biocatalytic acylation of glucose with these bacterially
derived fatty acids. Further in the study we have tested antimicrobial potential of these unmodified
and modified PHA derivatives. The obtained compounds revealed moderate antibacterial and
antifungal activities. Further research is needed in order to increase the antimicrobial activity of either
PHA monomers or their sugar esters by introduction of other bioactive structural components to
their moieties.
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Abstract: In wastewater treatment, an alternative to the widely used aerobic nitrification with
subsequent anoxic denitrification method is the combination of nitration and anammox (AMX) in
one system. This study focuses on the co-immobilization of AMX and ammonia-oxidizing bacteria
into a polyvinyl alcohol (PVA) hydrogel, and its effective use in nitrogen removal (NR). The NR
process was performed in nine consecutive, repeated batches. By optimizing the conditions of the
biotransformations, there was equal utilization of nitrogen in both sources, N–NH4

+ and N–NO2
−,

at 100% NR during the sixth repetition. A significant increase in the immobilized co-culture activity
was also detected per cycle. The maximum value of the NR rate was 3.46 mg N (L h)−1, and
100% NR efficiency was achieved with an initial concentration of 100.3 mg N L−1 for N–NH4

+ and
60.1 mg N L−1 for N–NO2

−, during the eighth batch biotransformation.

Keywords: anammox; immobilization; wastewater treatment; polyvinyl alcohol

1. Introduction

Organic nitrogen-containing compounds are among the most important pollutants of wastewater,
and the removal of nitrogen is one of the crucial steps in wastewater treatment. These compounds
represent a main factor in eutrophication, and they have an effect on the oxygen content of receiving
waters as well as the toxicity to aquatic organisms and human beings [1,2]. For decades, a removal
process based on aerobic nitrification with subsequent anoxic denitrification was used for the removal
of such nitrogen-based compounds. The discovery of anaerobic oxidation of ammonium (anammox;
AMX), with essential advantages of high nitrogen removal rate (NRR), environmental friendliness,
low operational costs and low occupied areas, has been recognized as an attractive alternative for the
treatment of nitrogen-rich wastewater streams [3–5]. The AMX process operates by oxidizing ammonia
to nitrogen gas with nitrite as an electron acceptor under anoxic conditions. Meanwhile, the growth of
AMX bacteria is supported by carbon dioxide fixation (Equation (1)), which is an advantage for the
treatment of highly nitrogen-loaded wastewaters containing low biodegradable organic carbons [6–8].

NH4
+ + 1.3NO2

− + 0.066HCO3
− + 0.13H+→ 1.02 N2 + 0.26NO3

− + 0.066CH2O2.5N0.15 + 2.03 H2O (1)

As nitrite is needed for the AMX process at a molar ratio of 1:1.32 with ammonium [9], part of
the ammonium in wastewater must be oxidized to nitrite with a pre-treatment system, such as the
nitrosation process, realized by ammonia oxidizing bacteria (AOB), as shown in Equation (2) [6,7,10].
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2NH4
+ + 3O2 → 2NO2

− + 2 H2O + 4H+ (2)

Nevertheless, compared to conventional nitrification and denitrification, AMX consumes 100%
less organic carbon and saves 90% of the operational costs associated with sludge disposal [11].
An alternative pre-treatment system for wastewater is the combination of nitrosation and AMX in
one system. So far, it has mainly been applied for wastewaters with high concentrations of ammonia
and low concentrations of biodegradable organic substances [12]. Functional AMX bacteria are very
sensitive and are easily inhibited by many factors, such as low temperature (optimal range is 20–43 ◦C),
extreme pH value (optimum pH 6.5–8.8), high salinity as well as the presence of organic matter,
phosphates, sulfides and other inhibitors [4,7].

For this reason, immobilization of microbial cells has received increasing interest in wastewater
treatment in order to minimize the risk of biomass wash-out from the reactors and to provide a stabilized
treatment [13]. The repeated use of immobilized biomass could handle the long start-up of AMX bacteria
because of the very slow growth rate (0.072/day at 32 ◦C) and low yield coefficient (0.13 g dry weight/g
NH4–N oxidized) [11]. Immobilization of AMX bacteria through the entrapment method has been
reported in several previous papers, using polyethylene glycol gel carriers [14,15] and polyvinyl alcohol
(PVA) cryogel, prepared by physical cross-linking through the freezing/thawing method [13].

The aim of this research was to evaluate the effectiveness of co-immobilization of AMX bacteria and
AOB by the entrapment method, immobilizing both bacteria into a PVA hydrogel, and its application in
nitrogen removal (NR) during the water treatment process, using a real medium. The key issue in this
application, however, is the harmonization of activities of both cultures. Therefore, we have focused
on different process aspects to achieve this in co-immobilized form. Compared to other gel systems,
immobilization using this method offers several advantages, such as a low matrix cost, inexpensive
and simple gel preparation, uncomplicated separation from the reaction mixture and low diffusion
limits. In addition, this matrix has excellent mechanical stability and is almost non-degradable [16].

2. Results and Discussion

The NR process using immobilized microbial co-cultures of AMX bacteria and AOB occurred in
repeated batch-mode biotransformations. This experimental setup was made mainly because of the
separate influences on each batch process (such as pH maintenance, nutrient limitation) which were
evaluated after each separate batch. Another inspiration was to reach high NR efficiency. There were
nine successive repetitions realized, as illustrated in Figure 1. The operational parameters were improved
throughout the entire process and resulted in an increase of the nitrogen removal rate (NRR) and achieved
a 100%-successful transformation of substrate nitrogen compounds contained in the medium.

 

→

Figure 1. Cont.
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Figure 1. Repeated batch biotransformations with immobilized co-culture of anammox (AMX) bacteria
and ammonia oxidizing bacteria AOB.

Figure 1 illustrates the process of each cycle of repeated biotransformation, and, as shown, low
activity of the immobilized cells was observed during the first 60 h of the first biotransformation. This
was most likely caused by the highly stressful aerobic conditions of the immobilization process to which
the biomass was exposed for a short time beforehand. After this time, the oxygen started to decrease
in the medium, as observed by a decrease in the dissolved oxygen (DO) content to 10%, presumably
caused by production of nitrogen gas (a final compound of nitrogen conversion). The higher activity of
the immobilized bacteria also presented simultaneous utilization of N–NH4

+ and N–NO2
−, probably

caused by the suppression of the metabolic activity of one or more representatives of the immobilized
AMX consortium also presented by formation of ions N–NO3

−. Utilization of N–NO2
− slowed around

the middle of the first repeated batch and, instead of decreasing, it started to increase, according to the
fermentation time. An increase of N–NO2

− concentration and continuous utilization of N–NH4
+ was

more likely caused by the activity of AOB, which became dominant in the co-immobilized culture.
As reported [17], AOB forms a thick layer around anammox cells which, after AOB domination, may
eliminate the substrate (ammonia) access to AMX consortium (Equations (1,2)). During this first batch
biotransformation, 52% of the total nitrogen was removed from compounds. The NRR, calculated
from 0 to 30 h for each batch, was constant at 0 mg N (L h)−1 because of the long lag phase. After
256 h of the first biotransformation, the whole volume of the medium was separated through a sieve,
subsequently fed with fresh medium and the next biotransformation was started.

As shown in Figure 1, the trend of nitrite production continued during the second batch, this
time from the beginning of biotransformation. On the other hand, the low value of DO provides a
prerequisite, indicating that the AMX consortium was only temporarily suppressed and not inhibited,
presented by production of gaseous nitrogen and formation of ions N–NO3

−. The NR and NRRs
achieved were similar to the results of the first batch, owing to increasing nitrite production.

2.1. Influence of pH on the Process

After the second biotransformation, the operation conditions were changed, which were intended
to provide an advantage to the AMX part of the immobilized biomass. The first parameter modified
was the pH of the process, with reference to published data of pH optimum of 6.5–8.8 for AMX
cultivation [7]. According to this fact, a spontaneous decrease of the pH value during the process
was performed instead of a pH stat at 8.0, as previously used. Following this change, a decrease
in pH from 8.0 to 6.18 (after 122 h) and from pH 7.6 to 6.0 (after 110 h) was observed in the third
and fourth biotransformations, respectively. Although there was no change in nitrite production
during these processes, an increase in the utilization of N–NH4

+ was observed, according to time of
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biotransformation. For the third batch, an NRR of 0.50 mg N (L h)−1 and 42% NR was achieved, whereas
for the fourth batch, the NRR was 0.59 mg N (L h)−1 and 43% NR was achieved. Compared with
previously achieved values, and as illustrated in Figure 2, there is a clear increase in the NRR despite a
decrease in NR, which represents the activity of the whole process. During the fifth biotransformation,
the pH stat was reset to pH 7.0 and, as shown in Figure 1, the increase in N–NO2

− concentration was
significantly reduced for only 4.4 mg N L−1 in the period 0–120 h, as compared with previous (second
to fourth) conversions with an increase of about 31.9 ± 0.3 mg N L−1.
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−
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−

−

Figure 2. Nitrogen removal rate (NRR) calculated for the period 0–30 h of each biotransformation
cycle, nitrogen removal (NR) calculated for entire duration of biotransformation and total, initial and
final nitrogen.

2.2. AMX Bacteria Stimulation

Compared to AOB, AMX bacteria has extremely slow biomass growth (doubling time between 2.1
and 3.9 days) [18]. Therefore, AMX biomass suffers to be overgrown by AOB in the previous repeated
batches. To increase the AMX bacterium, the nutritional limitation (decrease of N–NH4

+) of AOB
was applied. In the following two biotransformations (sixth and seventh), the initial concentration
of N–NH4

+ was decreased two-fold in an attempt to stimulate AMX bacteria at the expense of the
other co-immobilized bacteria. At first, total utilization of N–NH4

+ was observed after 25 h of
biotransformation (sixth batch). Then, after 100 h, relatively high-speed utilization of N–NO2

− was
observed, which decreased a concentration to 14.2 mg N L−1 from 78.1 mg N L−1 after 45 h (145th
hour of biotransformation) by simultaneous formation of 19.52 mg N L−1 (N–NO3

−). The N–NO3
−

confirms the trend of AMX bacteria activation at the end of this batch. Finally, a total NR of 100% was
observed (calculated on initial N–NH4

+, N–NO2
−) despite it being at the expense of an NRR decrease

(Figure 2). During the seventh batch, synchronic utilization of both sources of nitrogen was observed
from the beginning of the biotransformation. An NRR of 1.65 mg N (L h)−1 was achieved, as calculated
for the period of 0–30 h, which is similar to the value of 1.57 mg N (L h)−1 that was achieved in the
fifth biotransformation, with the difference of 100% NR observed during seventh biotransformation
(Figure 2). This confirmed the correctness of the chosen procedure in the sixth batch, with a decrease
in the initial concentrations of N–NH4

+ for AMX stimulation, and led to improved total nitrogen
utilization and activity of the whole process with immobilized co-cultures. Furthermore, the effectivity
of the process was also apparent from the initial and final content of total N between sixth and ninth
batch (Figure 2). The difference between initial and final N content confirms the efficient process
strategy in batch numbers eight and nine.
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2.3. Harmonised Co-Culture Experiments

During the eighth and ninth biotransformations, the initial concentration of N–NH4
+was increased

to 100.3 and 102.3 mg N L−1, respectively. The initial concentration of N–NO2
− was similar to that

used in previous repeated batch biotransformations at 60.1 and 58.1 mg N L−1 for the eighth and
ninth biotransformations, respectively. As shown in Figure 1, simultaneous utilization of N–NH4

+

and N–NO2
− was observed from the beginning of both biotransformations. For both, 100% NR was

observed after 75 h (ninth batch) and 78 h (eighth batch).
During the eighth batch, the higher NRR of 3.46 mg N (L h)−1 was achieved in the 0–30 h period

(Figure 2), and a similar rate of 3.39 mg N (L h)−1 was observed during the ninth biotransformation.
Although the highest achieved value of the NRR was 2.8 times lower than published data on a similar
topic [9.8 mg N (L h)−1], the observed NR efficiency in this study achieved 100% compared to reported
85% to 95% by Jenni et al. [12]. However, in this study, only small amount of immobilized biomass was
applied (10% w/v particles load; in total 0,6 g of co-immobilized biomass per L of treated waste water).
As reported recently [19], further process intensification is possible by the increase of immobilized
biomass up to 20 g L−1 of dry cell weight biomass, with no change in immobilized particles structure.
Interestingly, this overload of biomass results in linear increase of the specific immobilized biomass
activity as well. In the case of AMX and AOB co-immobilization, this may result in a more than 30-fold
increase of initial specific activity. The further increase in the NRR can be also obtained by increase of
the total amount of used immobilized particles (10% w/v in these experiments) to maximum of 30%
(w/v) [20], which results in an increase of total activity of the biotransformation system. Therefore,
we believe that this co-immobilized system has a potential for further applications in waste water
treatment processes.

3. Materials and Methods

3.1. Medium

The cultivation medium (0.8 L) was composed of real wastewater (received as a product from
machine-sludge thickening) obtained from Central WWTP Vrakuňa, Bratislava, Slovakia, and aged tap
water (left to sit for 24 h for chlorine evaporation) in a volumetric ratio of 3:5. The characteristics of the
wastewater were a pH value of 7.4, a chemical oxygen demand of 370 mg L−1, a five-day biochemical
oxygen demand of 138 mg L−1, a suspended solids content of 678 mg L−1, an ammonium nitrogen
(N–NH4

+) concentration of 275 mg L−1 and a total nitrogen content of 673 mg L−1. The nitrite nitrogen
(N–NO2

−) and nitrate nitrogen (N–NO3
−) contents were not detectable. To increase the N–NO2

−

concentration, 0.2 g of NaNO2 (Mikrochem, Slovakia) was added into the cultivation medium. The
final concentration of N–NH4

+ in the cultivation medium was 103 ± 2 mg N L−1, except for the sixth
and seventh conversions, which started with concentrations of 38.8 and 45.8 mg N L−1, respectively.
The final concentration of N–NO2

− was 62 ± 15 mg L−1. The medium was purged with N2 for 15 min
to remove the dissolved O2, but this was only performed before the first biotransformation.

3.2. Biomass Immobilisation

Biomass used for immobilization was received from the Institute of Chemical Technology (ICT),
Prague, Czech Republic, propagated in lab-scale conditions by use of real wastewater obtained from
WWTP Prague. Using fluorescence in situ hybridization (FISH) by ICT, the composition of the received
consortium of bacteria was characterized as 20% to 30% AMX bacteria and 70% to 80% of AOB.
The biomass (1 ± 0.2 g wet weight) was softly suspended in 10 mL of aged tap water and mixed with
190 mL PVA hydrogel, prepared by using of PVA (20 g) and polyethylene glycol (12 g), which were
melted in deionized water (158 mL) at 90 ◦C until clarification and then cooled to 30 ◦C. Lens-shaped
gel particles with entrapped biomass were prepared by passing the gel mixture through thin nozzles to
a hard surface, followed by subsequent drying in an airflow cabinet for 55 min. Particles were dried
down to 30% of their initial mass and swollen in a stabilizing solution of 0.1 M sodium sulfate for
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30–45 min. Then, the particles were separated through a sieve and washed from the stabilizing solution
by deionized water. Using the mentioned LentiKats® method of immobilization, a final amount of
85 g of immobilized biomass was acquired.

3.3. Repeated Batch Biotransformation

Batch biotransformations with immobilized biomass were performed in a 1.3 L BioFlo® 115
fermenter (New Brunswick, USA) in which 0.8 L of the cultivation medium was inoculated with
85 g of LentiKats®. Each biotransformation was carried out at either pH 8.0 (first and second batch)
or pH 7.0 (fifth to ninth batch) by automatic addition of 2 M NaOH at 30 ◦C with 250 rpm stirring.
Repeated batch-mode biotransformations occurred when the residual concentrations of N–NH4

+ and
N–NO2

− were reduced to almost 0 mg N L−1 or did not change in the long term. This situation was
solved by separating the entire volume of the production medium through a sieve to avoid washing
out the LentiKats® with the immobilized biomass. The fermenter was subsequently fed with a fresh
cultivation medium. Experiments were duplicated, and datapoints represent mean value of the process
(SD was lower than 5%).

3.4. Analytical Assays

The concentrations of N–NH4
+, N–NO2

− and N–NO3
− were determined by methods described

in the Standard Methods for the Examination of Water and Wastewater [21], using a BioSpectometer®

(Eppendorf, Germany). Dissolved oxygen (DO) was measured using a polarographic DO probe, and
the pH value of the medium was measured using a pH probe, both of which are components of the
BioFlo® 115 fermenter. NR and NRR were calculated to the depletion of primary sources of nitrogen:
N–NH4

+ and N–NO2
−.

4. Conclusions

The presented results emphasize that the use of a small amount of immobilized biomass (0.6 g of
immobilized wet weight per L of treated waste water) can be advantageous in large-scale applications,
owing to the low biomass-production rate of AMX bacteria and AOB. The decrease of N–NH4

+ leads
to starvation of AOB, which stimulates the AMX bacteria and significantly improves the total nitrogen
utilization and activity of co-immobilized cultures. This starvation technique is a useful trick for
co-culture activities harmonization, which resulted in high overall nitrogen removal activity. At optimal
conditions pH = 7 and initial concentrations N–NH4

+ 100.3 mg N L−1 and N–NO2
− 60.1 mg L−1,

at 30 ◦C with gentle (250 rpm) batch bioreactor stirring, an immobilized consortium was able to remove
160.4 mg N L−1 of initial nitrogen sources from wastewater within 80 h with NR rate 3.46 mg N (L h)−1.
This is the first report on the immobilization of AMX bacteria and AOB into a PVA hydrogel to
indicate the methods, pH stat and substrate limitation that stimulate the co-immobilized bacteria
activity in biotransformations. This co-culture improvement strategy might be beneficial for further
co-immobilization studies and applications.
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1 GECCO Biotech, Nijenborgh 4, 9747AG Groningen, The Netherlands
2 Molecular Enzymology group, University of Groningen, Nijenborgh 4, 9747AG Groningen, The Netherlands;

elvira.romero@astrazeneca.com (E.R.); m.w.fraaije@rug.nl (M.W.F.)
3 Faculty of Chemistry, University of Belgrade, Studentski trg 12-16, 11000 Belgrade, Serbia;

draskovic.natalija@gmail.com (N.D.); ssimic@chem.bg.ac.rs (S.S.); igorop@chem.bg.ac.rs (I.O.);
zvujcic@chem.bg.ac.rs (Z.V.)

4 ICTM-Center of Chemistry, University of Belgrade, Studentski trg 12-16, 11000 Belgrade, Serbia;
nbozic@chem.bg.ac.rs

* Correspondence: n.loncar@rug.nl
† Current address: AstraZeneca R&D Gothenburg, Discovery Sciences, S-431 83 Mölndal, Sweden.

Received: 7 April 2019; Accepted: 16 May 2019; Published: 20 May 2019
����������
�������

Abstract: The consumption of dyes is increasing worldwide in line with the increase of population
and demand for clothes and other colored products. However, the efficiency of dyeing processes
is still poor and results in large amounts of colored effluents. It is desired to develop a portfolio
of enzymes which can be used for the treatment of colored wastewaters. Herein, we used genome
sequence information to discover a dye-decolorizing peroxidase (DyP) from Pseudomonas fluorescens

Pf-01. Two genes putatively encoding for DyPs were identified in the respective genome and cloned
for expression in Escherichia coli, of which one (Pf DyP B2) could be overexpressed as a soluble protein.
Pf DyP B2 shows some typical features known for DyPs which includes the ability to convert dyes at
the expense of hydrogen peroxide. Interestingly, t-butyl hydroperoxide could be used as an alternative
substrate to hydrogen peroxide. Immobilization of Pf DyP B2 in calcium-alginate beads resulted in a
significant increase in stability: Pf DyP B2 retains 80% of its initial activity after 2 h incubation at 50 ◦C,
while the soluble enzyme is inactivated within minutes. Pf DyP B2 was also tested with aniline and
ethyl diazoacetate as substrates. Based on GC-MS analyses, 30% conversion of the starting material
was achieved after 65 h at 30 ◦C. Importantly, this is the first report of a DyP-catalyzed insertion of a
carbene into an N-H bond.

Keywords: DyP peroxidase; oxidoreductase; reactive dye; decolorization

1. Introduction

Peroxidases are oxidoreductases involved in a variety of biochemical processes, including the
biosynthesis of cell wall material and immunological host-defense responses [1]. The recently discovered
DyP-type peroxidases (DyPs, dye-decolorizing peroxidases; EC 1.11.1.19) represent a novel superfamily
of heme-containing enzymes. They share no significant similarity in primary sequence or structure to
other peroxidase superfamilies [2]. DyPs possess a broad substrate specificity and low pH optimum [2],
while they are most stable at neutral pH [3]. Using hydrogen peroxide as an electron acceptor, they are
capable of catalyzing efficient oxidations of a wide array of industrially relevant substrates including
dyes with anthraquinone structure, β-carotene, and aromatic sulfides [4–8]. Instead of a distal histidine
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acting as an acid-base catalyst, DyPs contain an aspartate active site residue within a highly conserved
GXXDG distal motif [8], although recent findings indicate that instead of aspartate some DyPs have a
glutamate [9]. On the proximal side, the heme iron of DyPs is coordinated by a histidine.

Several bacterial DyPs were found to be robust enzymes and thus potent biocatalysts [10–12].
Since they can degrade a variety of synthetic dyes, DyPs can potentially be used in the bioremediation of
dye-contaminated waste water. Two fungal DyP-type peroxidases were shown to degrade β-carotene [7],
which is of tremendous interest in the food industry for enabling the enzymatic whitening of
whey-containing foods and beverages. DyP peroxidases also show promise as novel anti-microbial
(pro)drug targets [13]. Their myriad industrial uses point to the importance of discovery and
characterization of these enzymes.

In this work, we have used the available genome sequence of Pseudomonas fluorescens Pf0-1 to
identify a gene coding for a DyP (Pf DyP B2). This peroxidase has been overexpressed in Escherichia

coli and purified. It shows activity towards various substrates including 2,6-dimethoxyphenol,
2,2′-Azino-bis(3-ethylbenzothiazoline-6-sulfonic acid) (ABTS), o-dianisidine, and reactive dyes.
Besides hydrogen peroxide, Pf DyP B2 was able to use t-butyl hydroperoxide as an electron
acceptor. Pf DyP B2 was also probed for a reaction that was recently reported to be catalyzed
by several heme-containing proteins including cytochrome P450 monooxygenases and myoglobin:
carbonyl-olefination, cyclopropanation, and N/S-H insertion reactions using the reaction of ethyl
diazoacetate with heme under anaerobic conditions [14–17]. Recently, it was also shown that a DyP,
YfeX from E. coli, is able to perform carbonyl olefination [18]. YfeX was initially reported to be a
deferrochelatase, extracting iron ions from heme [19]. However, it was later identified as a DyP [20,21].
Another recent study on the implementation of YfeX in the synthesis of tryptamine precursors [22]
triggered our attention to investigate whether Pf DyP B2 can be similarly used as a hemoprotein scaffold
for reactions not probed before using a DyP. Our work shows that the reaction between aniline and
ethyl diazoacetate can be satisfactorily achieved using Pf DyP B2 as a biocatalyst. Remarkably, this is
the first report of a DyP-catalyzed insertion of a carbene into an N-H bond.

2. Results

2.1. Expression and Purification

A search for DyP peroxidases in the predicted proteome of P. fluorescences Pf-01 using RedoxiBase
(http://peroxibase.toulouse.inra.fr/) revealed that this organism contains three peroxidases that belong
to the DyP peroxidase superfamily, one of which belongs to clade A DyPs and two to clade B DyPs.
In addition, one gene encoding a catalase-peroxidase (KatG) was identified. Clade A DyPs have been
hypothesized to be less catalytically active due to a mixed spin state of the heme [23]. Two genes
encoding for DyPs belonging to clade B were amplified by PCR using genomic DNA of P. fluorescens

Pf-01 as a template. These fragments have been cloned into a pBAD vector and expression was carried
out under different conditions. Pf DyP B1 could not be expressed in sufficient amounts (data not
shown), while Pf DyP B2 was overexpressed and appeared as the most dominant protein band upon
SDS-PAGE analysis of the cell-free extract (Figure 1a). The predicted molecular weight of Pf DyP B2 is
35 kDa. Purification of the cell free extract using Ni2+-Sepharose showed that the binding of Pf DyP
B2 to the resin was very poor since it eluted with less than 10 mM imidazole. This eluted fraction
contained additional proteins hampering the biochemical characterization of PfDyP B2. Thus, further
purification was performed. Mixed mode resins enable the purification of biomolecules without
feedstream conditioning and can operate across a wide range of salt concentrations and pH. One of
the mixed mode resins is Nuvia aPrime 4A (Bio Rad), which is designed with a positively charged
hydrophobic ligand, which helps in biomolecule binding by both hydrophobic and anionic interactions.
Therefore, Nuvia aPrime 4A mixed mode resin was used for polished purification of Pf DyP B2. Active
peroxidase eluted with 1 M NaCl and showed ~95% purity upon SDS-PAGE analysis (Figure 1).
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The purification procedure yielded ~35 mg of purified His-tagged Pf DyP B2 from 1 L of culture broth.
This two-step workflow is readily scalable for process production.

Previous studies have shown that DyPs represent a novel peroxidase superfamily harboring a
heme molecule in their structure [24,25]. A UV-Vis absorption spectrum of the purified enzyme was
recorded between 250 and 750 nm. The Soret band at 405 nm (Figure 1b) indicates that the heme
cofactor had indeed been incorporated into the purified PfDyP B2. The Reinheitzahl value (Rz, the
ratio of A405/A280) for the purified enzyme was 1.16.

 
(a) (b) 

Figure 1. (a) SDS PAGE analysis. Lane 1: Molecular markers; lane 2: Cell free extract; lane 3: Pf DyP B2
fraction after purification with Nuvia aPrime 4A chromatography. (b) UV-Vis spectrum of Pf DyP B2.

2.2. Biochemical Characterization

The purified enzyme was most active at pH 4.0 (Figure 2) with moderate activity between pH 3.0
and 6.0, which is in perfect agreement with other studies on DyPs [9,23,26].

Figure 2. The effect of pH on the observed rate (kobs) of oxidation of ABTS by Pf DyP B2.

The relative activity of the purified Pf DyP B2 enzyme was tested using 0.5 mM ABTS and 0.1 mM
hydrogen peroxide in the presence of various cations (Ca2+, Mg2+, Zn2+, Mn2+, Co2+, Fe2+, and Hg2+)
and reducing agents (aminotriazole, EDTA, imidazole, DTT, Cys, and Na-azide). The results show
that the relative activity was not diminished by the addition of Ca, Mg, Zn, Mn, and Co ions, but was
significantly reduced in the presence of Fe and Hg ions (Figure 3a). Partial inhibition of the purified
enzyme was observed with aminotriazole, EDTA, and imidazole, whereas almost complete inhibition
was seen with DTT, Cys, and Na-azide (Figure 3b).
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λ ε − − −

Figure 3. (a) The effect of metal ions on activity of Pf DyP B2. (b) The effect of inhibitors on the activity
of Pf DyP B2. Activity in the absence of inhibitors was taken as 100%.

To investigate the substrate scope of the purified Pf DyP B2, it was tested using various well-known
peroxidase substrates at ambient temperature. As shown in Table 1, Pf DyP B2 showed activity towards
most of the assayed substrates including ABTS and aromatic, azo, and anthraquinone dyes. In addition,
guaiacol, 2,6-dimethoxyphenol, manganese, veratryl alcohol, CBZ-ethanolamine, syringaldehyde, and
acetosyringone were tested, but Pf DyP B2 was inactive towards them. The reactions were carried out
in 50 mM Na-acetate buffer pH 4.0 for ABTS, o-dianisidine, and pyrogallol. In the case of reactive dyes,
assays were carried out using 50 mM sodium-acetate buffer at pH 3.0 since a tenfold higher activity
towards these dyes was observed at this pH value.

Table 1. Kinetic parameters measured for Pf DyP B2.

Substrate λ (nm) ε (mM−1cm−1) Km (mM) kcat (s−1)

ABTS 414 36.6 0.22 ± 0.04 102 ± 6.2
o-Dianisidine 460 11.3 0.003 ± 0.001 14.7 ± 1.7

Pyrogallol 430 2.47 1.45 ± 0.63 1.98 ± 0.03
Reactive blue 4 610 4.2 0.010 ± 0.004 1.54 ± 0.13
Reactive black 5 597 37 0.006 ± 0.002 0.04 ± 0.01

H2O2
a 240 0.0394 0.52 ± 0.12 23 ± 0.84

t-BuOOH a n.a. n.a. 415 ± 144 97 ± 28
a Measured by using ABTS as substrate. n.a.- not applicable

Using Kraft lignin as a substrate, a Michaelis-Menten saturation curve was observed (Figure 4),
similar to that previously observed for other DyPs [27,28].

λ ε − − −

Figure 4. The steady-state activity of Pf DyP B2 with Kraft lignin as monitored by absorbance change at
465 nm [27,28].

Pf DyP B2 showed poor stability at 40 and 50 ◦C, being inactivated within minutes. However, its
activity remained unaffected for at least 2 h at 30 ◦C. Among existing strategies for the improvement of
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enzyme stability, a well-known approach is enzyme immobilization. Immobilization also offers the
possibility to reuse the respective enzyme and allows easy separation of enzymes and product, which
are factors influencing the overall cost of enzymatic industrial processes. Pf DyP B2 was immobilized
in alginate by mixing an enzyme solution with 2% sodium-alginate followed by droplet ejection into
a 2% CaCl2 solution. The beads were left to age in the CaCl2 solution followed by washing steps
with buffer. Fifty percent of the enzyme leaked out of the beads according to activity and protein
measurements. The remaining enzyme was retained in the beads. Immobilized Pf DyP B2 retained 80%
of initial activity after a 2 h incubation at 50 ◦C, revealing a significant increase in stability compared to
soluble enzyme.

Encouraged by previous reports of heme-containing enzymes catalyzing the insertion of carbenes
into N-H bonds [15,17], a reaction between aniline and ethyl diazoacetate was investigated using
Pf DyP B2 as a catalyst (Scheme 1). Aniline and ethyl diazoacetate were reacted in the presence of
sodium dithionite as a reductant and 0.4 mol% enzyme, using acetate buffer, pH 4.5. The reaction was
kept at 30 ◦C for 65 h. Subsequently, the product formation was analyzed and confirmed by GC-MS.
Conversion of the starting material was determined to be 30%.

 

 

Scheme 1. The Pf DyP B2-catalyzed reaction between aniline and ethyl diazoacetate.

3. Discussion

Dye-decolorizing peroxidases can be useful biocatalysts for industrial applications due to their
extraordinary ability to degrade a variety of synthetic dyes. They have the potential to be used for the
bioremediation of dye-contaminated waste water. In the current study, we have purified a His-tagged
DyP from P. fluorescens Pf-01 expressed in E. coli. Purification was performed on an IMAC resin which
resulted in a partially pure target protein. A hydrophobic anion exchanger, Nuvia aPrime 4A, was
used to obtain highly pure PfDyP B2. Although it was not tested in this particular instance, it may
be that Nuvia aPrime 4A can provide a single-step purification directly from the crude cell extract.
Conveniently this resin is compatible with high salt concentration and a broad pH range without the
need for feed dilution/reconstitution. This would help in limiting the number of steps required to
generate a highly pure enzyme sample. While IMAC is widely used for purification of recombinant
proteins, mixed-mode resins should also be considered when it is not so straightforward to achieve a
desired purity in one step by affinity chromatography.

The steady-state kinetic parameters determined for PfDyP B2 indicate that it is highly active on
ABTS and o-dianisidine. This suggests that PfDyP B2 may be exploited for the biomedical applications
and various assays which are typically based on the prototype plant peroxidase, horseradish peroxidase
(HRP). Reactive blue 4 is oxidized by PfDyP B2 at a similar rate to pyrogallol, while Reactive black 5 is
a more recalcitrant dye (Table 1).

Inactivation by hydrogen peroxide is often underlined as the weakness of peroxidases when it
comes to industrial application. However, it is also known that this problem can be solved by using
alternative electron acceptors [29]. Interestingly, beside hydrogen peroxide, Pf DyP B2 was able to use
t-butyl hydroperoxide as an electron acceptor. The kcat value using this compound is four-fold higher
than when using hydrogen peroxide. However, the Km for t-butyl hydroperoxide is quite high which
is limiting the possibility of using it in wastewater treatment. While t-butyl hydroperoxide is a more
expensive electron acceptor than hydrogen peroxide, it may still offer some advantages. The use of
t-butyl hydroperoxide can reduce the overall enzyme loading in the process since enzyme inactivation
by hydrogen peroxide will be minimized. This is something that would have to be optimized case by
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case though reaction engineering and is process-dependent. In large-scale industrial processes, such as
dye decolorization, the use of t-butyl hydroperoxide is probably not feasible. However, DyPs may
also be used in some other applications, for example for the production of high-value chemicals, as
described for TfuDyP for enantioselective sulfoxidation [8]. The acceptance of t-butyl hydroperoxide
by the enzyme also discloses mechanistic information; apparently, this organic oxidant is able to reach
the heme while this is not the case for all peroxidases.

Prior studies have also shown that DyP-type peroxidases can act on lignin and can be involved
in its degradation [30]. Enzymatic lignin depolymerization is highly attractive, as it offers access
to a wide array of aromatic precursors which can be further functionalized for the production of
high-added value chemicals. We tested if Pf DyP B2 can act on Kraft lignin. As shown in Figure 4,
we detected an increased DyP activity with an increase in the Kraft lignin concentration. Other DyPs
acting on lignin and originating from Pseudomonas sp. are described in the literature, giving further
confirmation of the potential of Pf DyP B2 for lignin valorization [31]. One must keep in mind that
the lignin depolymerization process is very complicated and will hardly be achieved by one enzyme.
Considering the radical mechanism of laccases and peroxidases it is certain that the concerted action of
several enzymes or trapping of produced radicals is needed to achieve depolymerization. Otherwise,
depolymerization and repolymerization will occur, as demonstrated in recent publications of synthesis
of lignin oligomers [11,32].

Any scale up of enzymatic processes is still highly dependent on the cost of enzymes. Joint efforts
of increasing the expression levels and the efficient use of enzymes are needed to make the process
economically feasible. Our first attempts at the immobilization of Pf DyP B2 have demonstrated
that this approach is clearly beneficial. The immobilized enzyme was able to withstand increased
temperature as compared to its soluble counterpart. Magnetic particles may further aid and improve
the activity of DyPs as shown recently for a similar DyP from P. fluorescens Pf-5 [33].

Except for valorising lignin by using DyPs, these heme-containing enzymes may also be used
for non-natural reactions. Recent papers have shown that hemoproteins can be used for a number of
attractive reactions [14–17]. This study shows that Pf DyP B2 can be used to perform an insertion of a
carbene in an N-H bond. To our knowledge, this is the first time that a DyP was able to catalyze such
a reaction.

4. Materials and Methods

4.1. Reagents and Enzymes

Pfu polymerase, restriction enzymes, and prestained protein ladders were from Thermo Scientific.
Ni2+-Sepharose HP was from GE Lifescience. All other chemicals were supplied by Sigma-Aldrich
(St. Louis, MO, USA) and were of analytical grade.

4.2. Strains, Plasmids, and Growth Conditions

The E. coli strain TOP10 was used for routine cloning and maintenance of all plasmid constructs.
This strain was also used for overexpression of Pf DyP B1 and Pf DyP B2. The genes encoding Pf DyP
B1 (RefSeq: YP_348895.1) and Pf DyP B2 (RefSeq: YP_348987.1) were amplified by polymerase chain
reaction from genomic DNA of P. fluorescens Pf0-1. The PCR fragments were amplified using primers
GAC GTA CAT ATG AGT TAC TAC CAG C and ATA GAA TTC GCC GAT GCG CAG T for Pf DyP B1
and ACT CAT ATG TTG GGA GTC ACG ATC AT and ATT GAA TTC TCG CTC TGC CAA CTC TT
for Pf DyP B2 cloning between NdeI and EcoRI restriction sites of the pBADNdeIHis vector to give the
pBAD-Pf DyP B1 and pBAD-Pf DyP B2 constructs for the expression of peroxidases with an C-terminal
mycHis tag. Restriction sites in primers are underlined. pBadNdeIHis is a pBAD/Myc-HisA-derived
expression vector (Thermo Fisher, Waltham, MA, USA) in which the NdeI site has been removed and
the NcoI site has been replaced by NdeI. For verification, all created constructs have been sequenced
(GATC Biotech).
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4.3. Sequence Analysis

The ProtParam tool at the ExPASy server (URL: http://web.expasy.org/protparam/) was used to
calculate extinction coefficients for Pf DyPB1 (36,440 M−1 cm−1) and Pf DyPB2 (25,690 M−1 cm−1).

4.4. Expression and Purification

E. coli TOP10 cells expressing Pf DyPB1 and Pf DyPB2 were grown in LB medium at 37 ◦C to
saturation overnight. The following day, cultures were diluted 1:100 into fresh media and grown until
OD600 = 1.25 after which 0.02% l-arabinose and 0.75 mM hemin were added to induce the expression
of Pf DyP B1 and B2, respectively. Expression was carried out at 30 ◦C, 180 rpm for 24 h. Cells were
harvested by centrifugation at 6000 rpm and washed once with 50 mM potassium phosphate buffer
pH 8.0 with 0.5 M NaCl. Pelleted cells were resuspended in the same buffer and disrupted by sonication.
Cell-free extract was obtained after centrifugation at 11,000 rpm at 4 ◦C for 1 h.

For purification of His-tagged Pf DyP B2, cell free extract was loaded on a Ni2+-Sepharose HP
column equilibrated with 50 mM potassium phosphate buffer pH 8.0 with 0.5 M NaCl. Non-specifically
bound proteins were washed away stepwise with 2 column volumes of 10 mM imidazole in starting
buffer followed by elution with 250 mM imidazole in the same buffer. P. fluorescens DyP shows poor
binding to the column but elutes as an observable red-colored fraction. Collected fractions were
analyzed by reducing SDS-PAGE and subsequent protein staining. Fractions containing DyP were
impure and were further purified on Nuvia aPrime 4A resin from Bio-Rad Laboratories. Binding to the
resin was achieved using potassium phosphate buffer 50 mM pH 7.8 and purification was carried out
with stepwise elution using starting buffer with 0.1 M NaCl, 0.2 M NaCl, 0.3 M NaCl, 0.5 M NaCl, and
1.0 M NaCl. Active peroxidase elutes with 1.0 M NaCl and shows high purity on SDS-PAGE analysis.
Pure fractions were pooled and concentrated using an Amicon stirring cell equipped with a 10 kDa
cut-offmembrane.

Protein fractions were analyzed by 10% SDS-PAGE using the SE260 Mighty Small II Deluxe
System. The UV-Vis absorption spectra of purified DyPB were recorded between 200 and 800 nm using
a Shimadzu UV-1800 spectrophotometer in 1 cm quartz cuvettes at room temperature.

4.5. Steady-State Kinetic Analyses

DyP activity was measured spectrophotometrically using Shimadzu UV-1800 at ambient
temperature. The pH optimum for activity was determined using 0.5 mM ABTS and 1.0 mM
H2O2 using a set of buffers (0.10 M of Na-acetate pH 3.0–5.0, MES pH 6.0, TrisHCl 7.0–8.0, and
glycine/NaOH pH 9.0–10.0). Upon determination of the optimal pH, further measurements were made
in an appropriate buffer.

Kinetic parameters of peroxidase activity (kcat and Km) were measured using different
concentrations of ABTS, o-dianisidine, pyrogallol, Reactive blue 4, and Reactive black 5 with 1.0 mM
H2O2 as co-substrate by adding 10 µL of suitably diluted enzyme (final concentration 5.3 nM). For H2O2

and t-butyl hydroperoxide, a fixed concentration of ABTS was used and the concentration of peroxide
varied. Control reactions were included without using enzyme, H2O2, or both. Blanks were recorded
in parallel with the measurements and subtracted accordingly. The kinetic parameters were calculated
by fitting the data with a Michaelis-Menten equation using nonlinear analysis.

Kraft Lignin was tested as a substrate for Pf DyP B2 using a previously described procedure [27,28].
Briefly, Kraft lignin was dissolved in 0.10 M NaOH (10 mg/mL) and the pH was adjusted to 4.0 using
1.0 M sodium-acetate buffer. Different dilutions of this stock were mixed in 1 mL cuvette with Pf DyP
B2 (25 µL, 1 mg/mL) and hydrogen peroxide (0.5 mM, final concentration), and the absorbance was
monitored for 5 min at 465 nm. Inhibition of the peroxidase was tested using 3-amino-1,2,4-triazole,
imidazole, DTT, cysteine, and sodium-azide. The enzyme was assayed for peroxidase activity as
described above after preincubation with the inhibitor for 3 min prior to performing the assay
with ABTS.
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Thermal stability was determined by measuring residual activity upon incubating aliquots of
Pf DyP B2 at 30 ◦C, 40 ◦C, and 50 ◦C. Samples were withdrawn at specific time points and activity was
determined spectrophotometrically as described above.

4.6. Immobilization Study

Pf DyP B2 was immobilized in alginate by mixing 1 mL of enzyme solution (2 mg/mL) with 1 mL
of 2% sodium-alginate followed by droplet ejection through a syringe needle into 1 L of 2% CaCl2
solution, stirred using a mechanical overhead stirrer. The beads were left to age in the CaCl2 solution
followed by washing steps with buffer. The produced calcium alginate beads were collected and
washed three times using 10 mL of 50 mM Na-acetate buffer pH 4.0. The leaking of Pf DyP B2 from
alginate beads was checked in all wash fractions by measuring protein concentration using Bradford
assay and activity of Pf DyP B2 using ABTS as substrate. The total protein amount in wash fractions
was subtracted from the starting amount of Pf DyP B2 to estimate the amount of enzyme which was
successfully entrapped in alginate beads. The immobilized enzyme was tested for activity using the
ABTS assay before and after incubation in a water bath set at 50 ◦C.

4.7. Procedure for the DyP-Catalyzed Reaction Between Aniline and Ethyl Diazoacetate

The reaction was carried out in a 2 mL glass vial (Agilent Technologies, San Diego, CA, USA).
To an unsealed vial charged with argon and a stirring bar, 840 µL of a 47 µM solution of DyP in acetate
buffer (50 mM, pH = 4.5) was added. The vial was sealed with a silicone septum and the headspace of
the vial was flushed with argon. A 1 M solution of sodium dithionite in acetate buffer (50 mM, pH 4.5)
was degassed by bubbling with argon for 5 min, and 40 µL of this solution was added to the reaction
mixture via a glass syringe. Solutions of ethyl diazoacetate and aniline were degassed in the same
fashion prior to addition to the reaction mixture. Subsequently, 20 µL of a 0.5 M ethyl diazoacetate
solution in a 1:1 (v/v) mixture of acetate buffer and dimethyl sulfoxide, and 100 µL of a 0.1 M solution
of aniline in acetate buffer were added in the indicated order. The final concentrations of the added
compounds were: 10 mM aniline, 10 mM ethyl diazoacetate, 40 mM sodium dithionite, and 40 µM
DyP. The reaction mixture was stirred on a magnetic stirrer at 30 ◦C for 65 h. After the elapsed time,
the mixture was extracted with ethyl acetate, dried over sodium sulfate, concentrated under reduced
pressure, and analyzed by GC-MS.

GC-MS spectra (Supplementary Materials) of the synthesized compound were acquired on an
Agilent Technologies 7890A apparatus equipped with a DB-5 MS column (30 m × 0.25 mm × 0.25 µm),
a 5975C MSD and FID detector. The selected values are as follows: carrier gas was He (1.0 mL/min),
temperature linearly increased from 40–315 ◦C (10 ◦C/min), injection volume: 1 µL, temperature:
250 ◦C, temperature (FID detector): 300 ◦C. CI was used as the ion source, with isobutane as the reagent
gas. The mass spectrum was collected after a 4 min solvent delay.

5. Conclusions

Pf DyP B2 is an enzyme which can be easily expressed and used in peroxidase-based applications,
ranging from assays and biosensors to dye-contaminated wastewater treatments. Notably, the
first DyP-catalyzed insertion of a carbene into an N-H bond was reported. Although this is a
preliminary result it could be a good platform for future applications of Pf DyP B2 in the synthesis of
valuable compounds.

Supplementary Materials: The following are available online at http://www.mdpi.com/2073-4344/9/5/463/s1,
GC-MS spectra of the synthesized compound.
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Abstract: Laccases are multicopper-oxidases with variety of biotechnological applications. While
predominantly used, fungal laccases have limitations such as narrow pH and temperature range
and their production via heterologous protein expression is more complex due to posttranslational
modifications. In comparison, bacterial enzymes, including laccases, usually possess higher thermal
and pH stability, and are more suitable for expression and genetic manipulations in bacterial expression
hosts. Therefore, the aim of this study was to identify, recombinantly express, and characterize novel
laccases from Pseudomonas spp. A combination of approaches including DNA sequence analysis,
N-terminal protein sequencing, and genome sequencing data analysis for laccase amplification,
cloning, and overexpression have been used. Four active recombinant laccases were obtained, one
each from P. putida KT2440 and P. putida CA-3, and two from P. putida F6. The new laccases exhibited
broad temperature and pH range and high thermal stability, as well as the potential to degrade
selection of synthetic textile dyes. The best performing laccase was CopA from P. putida F6 which
degraded five out of seven tested dyes, including Amido Black 10B, Brom Cresol Purple, Evans Blue,
Reactive Black 5, and Remazol Brilliant Blue. This work highlighted species of Pseudomonas genus as
still being good sources of biocatalytically relevant enzymes.

Keywords: laccase; genome-mining; heterologous expression; biocatalysis; Pseudomonas

1. Introduction

Laccases are blue multicopper enzymes (EC 1.10.3.2) that oxidize a broad range of both phenolic
and non-phenolic substrates, via a four-electron reduction of molecular oxygen to water [1,2]. These
enzymes are widely distributed in nature and have been isolated from bacteria [3–5], fungi [6,7] and
plants [8,9], as well as from lichens [10], and sponges [11]. Although laccases are heterogeneous in
different species, implying diversity in their function, four copper-binding motifs are conserved in the
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most laccases, especially bacterial forms [12]. The presence of different metal ions can affect laccase
activity, either inducing or suppressing it. Metal ions such as Cu+2, Ca+2, Ni+2, Co+2, and Mn+2 are
generally known to accelerate laccase activity at a remarkable level [13].

Due to broad substrate spectrum, laccases have become very attractive for a variety of
biotechnological and industrial applications such as organic synthesis; lignin degradation; and
bio-product formation for the food, textile, and pharmaceutical industries; remediation of contaminated
environments; as well as construction of biosensors and biofuel cells [14–16]. During the last decade
laccases have been used in decolorization and detoxification of textile effluents [17]. Effluents from the
textile industry are usually complex, containing a wide variety of synthetic dyes [18], among which
the most common are azo dyes, anthraquinone, triphenylmethane, and indigo dyes [19].

In the recent years, development of high-performance recombinant bacterial strains and the
possibility of increasing the production of recombinant proteins created new opportunities for the
commercial use of laccases, since the production from wild type strains has limitations in growth and
product yield, which are not suitable for standard industrial fermentations [20]. The majority of studies
on laccases are focused on laccases originated from fungi. Having in mind that industrial processes
often require high temperature and pressure, or extremely acidic or alkaline pH, fungal laccases are not
the best candidates for such industrial applications since they operate in a temperature range from 30 ◦C
to 55 ◦C and a slightly acidic pH range [2,21]. In addition, their heterologous expression is hindered by
post-translational modifications [22], making their production cost-ineffective. Consequently, bacterial
laccases are increasingly being sought for use in the industry due to the advantage of higher growth
rates and better suitability for improvement of enzyme activity and expression level [23,24].

A number of bacterial laccases have been identified, heterologously expressed and studied at
the molecular level. The first and the most studied bacterial laccase is CotA from Bacillus subtilis [25],
followed by laccases from B. coagulans, B. clausii [26], and B. licheniformis [3]. The other significant group
of bacterial laccases are from Streptomyces species, e.g., S. coelicolor [27], S. cyaneus [28], S. bikiniensis [29],
and S. ipomoea [30].

Laccases from Pseudomonas species are mostly identified and purified from wild type producer
strains [31–33] and until now, only one laccase from P. putida KT2440 was heterologously expressed and
characterized [5]. Having in mind the importance of Pseudomonas strains, as a biotechnological platform
for various industrial applications [34,35], as well as wealth and applicability of other enzymes from
Pseudomonas species in biocatalysis, we set out to identify, recombinantly express, and characterize
novel laccases from a number of Pseudomonas species, and assess their ability to degrade synthetic dyes
widely used in textile industry.

2. Results and Discussion

2.1. Screening for Laccase Activity Using Guaiacol Agar Plates and ABTS Assay

Seven different Pseudomonas strains (P. putida F6, P. putida KT2440, P. putida CA-3, P. putida

mt-2, P. putida S12, P. chlororaphis B561 and P. aeruginosa PAO1) from our laboratory collection were
tested for laccase-like activity on agar plates containing standard laccase substrates guaiacol or
syringaldazine 0.01% (w/v) and the development of dark colors due to the oxidation of these substrates
was monitored [36]. In addition, supernatants and cell-free extracts of these strains previously grown
in mineral MSM liquid medium supplemented with 5 mM phenylacetic acid to induce expression
of enzymes from the aerobic catabolism of aromatic compounds [37] were tested in the ABTS assay
(Section 3.4). Significantly higher enzyme activities were detected in the cell-free extracts than in
supernatants of all tested Pseudomonas sp. cultures (data not shown), indicating the intracellular
location of these enzymes, which is in line with previous literature reports on intracellular bacterial
laccases [38,39].

Based on the fast reddish-brown color formation, indicating oxidation of guaiacol (Figure 1A),
as well as the best activity of cell-free extracts in ABTS assay (Figure 1B), three strains, namely P. putida
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F6, P. putida KT2440, and P. putida CA-3, were chosen for further study. Notably, cell-free extracts of
P. putida F6 exhibited two times higher laccase activity (ABTS assay) compared to cell free extracts from
P. putida KT2440 and P. putida CA-3, respectively, which showed a similar activity level (Figure 1B).

 

 

Ω

Figure 1. Laccase activity assay on guaiacol-containing plates (A) and in ABTS assay (B). Abbreviations
F6, KT2440, CA-3, mt-2, S12, B561, and PAO1 refer to wild type strains P. putida F6, P. putida KT2440,
P. putida CA-3, P. putida mt-2, P. putida S12, P. chlororaphis B561 and P. aeruginosa PAO1 (A) and appropriate
cell-free extracts (B). Enzyme activity in ABTS assay was expressed as a ratio of product formation to
the total protein concentration (A410/A595). Inlet in (B) represents color change in ABTS assay due to
laccase activity from cell-free extracts.

2.2. Primer Design Based on UniProt Data Analysis

Based on data from UniProt database 15 laccase and laccase-like multicopper oxidase (MCO)
protein sequences from Pseudomonas strains were aligned using ClustalΩ tool (https://www.ebi.ac.
uk/Tools/msa/clustalo/) and degenerate primers were designed (Table 1). Genes coding for enzymes
with laccase activity from P. putida KT2440 and P. putida CA-3 were successfully amplified using
designed primers and identified as MCO by sequencing. On the other side, amplification products
obtained for P. putida F6 were also sequenced, but did not show any similarity with any known laccases
(data not shown). Based on the obtained sequences for laccase genes from P. putida KT2440 and
P. putida CA-3, specific primers for amplification and cloning were designed (Table 1). Amplicons
obtained from P. putida KT2440 and P. putida CA-3 with specific primers were sequenced and aligned
(https://www.ebi.ac.uk/Tools/psa/emboss_needle/nucleotide) [40], and showed 96.8% identity. Given
that presence of laccase-like protein in P. putida F6 has been indicated previously in the literature [41]
and that P. putida F6 in this study showed at least two-times higher activity in ABTS assay (Figure 1B),
further pursuit for this particular enzyme was undertaken, involving protein purification from the
wild type strain, followed by protein and genome sequencing.

2.3. Purification of Protein with Laccase Activity from P. putida F6

Proteins from P. putida F6 with laccase activity were purified using ion-exchange chromatography.
Fractions obtained were tested for enzyme activity towards ABTS in the presence of CuSO4 (2 mM)
with activity detected in two fractions (Figure 2). Active fractions were pooled and named Lacc1 and
Lacc2, implying that they exhibit a laccase-like activity and their activity was improved drastically
in the presence of CuSO4. Both fractions were additionally purified, concentrated, and checked for
homogeneity by SDS-PAGE. Lacc1 showed one homogenous band on ~24 kDa (Figure 2A), while
the lacc2 fraction was non-homogeneous and lost most of its activity after two gel filtration steps
(Figure 2B). Therefore, the Lacc1 fraction was used for further studies.
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Figure 2. SDS-PAGE of partially purified (enriched fractions) enzymes from P. putida F6. (A) lane 1—
protein standard, lane 2—Lacc1 fraction (~24 kDa); (B) lane 1—protein standard, lane 2—Lacc2 fraction.

2.4. N-Terminal Lacc1 Protein and P. putida F6 Genome Sequencing

Lacc1 fraction from P. putida F6 was used for N-terminal sequencing that revealed MTHHSED
motif on the N terminus. In addition, the whole genome of P. putida F6 was sequenced and annotated
using the PROKKA software tool [42]. Analysis of the whole genome by a sequence-based search for
proteins with laccase-like activity and a structure-based search for conserved protein domains using
Conserved Domains tool (http://www.ncbi.nlm.nih.gov/Structure//cdd/wrpsb.cgi) [43,44] revealed
eight different laccase-like gene sequences (Table 2). Amongst them, only one contained MTHHSED
motif, namely gene coding for a four-helix bundle copper-binding protein (cbp). The Conserved
Domains tool detected multicopper oxidase (copA) which was also of high interest due to the fact
that both purified fractions showed a certain size and CuSO4 dependant activity (Figure 2). Based on
the copA and cbp sequences, specific primers for cloning and heterologous expression were designed
(Table 1). It is worth mentioning that partially purified Lacc1 protein fraction (Figure 2A) from
wild type P. putida F6 has a molecular weight of approximately 24 kDa judging from the SDS-PAGE
analysis (Figure 2A). The identified cbp gene was 348 bp in length, which predictably corresponds to
approximately 12.7 kDa. This gene is followed by copC gene that is 381 bp in length, which predicts
to a protein of approximately 13.9 kDa. The close proximity of these two genes (separated by 11 bp)
could result in possible transcription of both genes (cbp and copC) and translation to a single peptide
which in turn may explain the discrepancy in predicted size of Cbp protein (Table 2) and Lacc1 protein
fraction (Figure 2A).
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Table 1. Oligonucleotide sequences and the annealing temperaturesused for the amplification of laccases from Pseudomonas species.

Primers with Restriction Enzyme Sites Annealing T Strain

PS_LACF ATGAGTGRCCTGRCBCAG
50 ◦C Pseudomonas spp.

PS_LACR GCGGNTCCAGCCASACCARSGA

CA3F TAACAGGATCCGAGTGGCCTGACTCAGG (Bam HI)
55 ◦C P. putida CA-3

CA3R TAATTAAGCTTTTGCGGTTCCAGCCAGAC (Hind III)

KTF TAACAGGATCCGAGTGACCTGACGCAGG (Bam HI)
59 ◦C P. putida KT2440

KTR TAATTAAGCTTGCGCGGGTCCAGCCAGAC (Hind III)

CopAF TAACAGCTAGCATGTCGCATGATGATTTTCGT (Nhe I)
55 ◦C P. putida F6

CopAR TAATTAAGCTTTTCGTCGACCCTCACCGTGCG (Hind III)

CbpF TAACAGCTAGCATGACTCACCATTCCGAAGAC (Nhe I)
58 ◦C P. putida F6

CbpR TAATTAAGCTTAGCCGCCATGGCGCTGCAGCT (Hind III)

Table 2. Genes coding for proteins with laccase-like activity discovered in genome of P. putida F6.

Gene Name Protein Size (AA) GeneBank Match GeneBank Acc No Identity (%) Discovered with

Putative cysteine-rich protein
YhjQ 116 Four-helix bundle copper-binding protein (Cbp)

from Pseudomonas putida
WP_026070601 100 MTHHSED motif search

Not annotated 623 Copper resistance system multicopper oxidase
(CopA) from Xantomonadaceae

WP_017354985 100 Conserved Domains tool

Copper resistance protein B 425 Copper resistance protein B (CopB) from
Xantomonadaceae

WP_017354984 100 Genome annotation

Copper resistance protein C 127 Copper homeostasis periplasmic binding
protein (CopC) from Xanthomonadaceae

WP_017354979 100 Genome annotation

Laccase domain protein YfiH 246 Multi-copper polyphenol oxidoreductase laccase
from Pseudomonas putida

WP_075804457 96.3 Genome annotation

Laccase domain protein YfiH 256 Multi-copper polyphenol oxidoreductase laccase
from Stenotrophomonas maltophilia

WP_099560244 99.2 Genome annotation

Multicopper oxidase mco 460 Multicopper oxidase from Pseudomonas putida WP_075806698 97.4 Genome annotation
Blue copper oxidase CueO 675 Multicopper oxidase protein from Pseudomonas WP_075804455 79.9 Genome annotation
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2.5. Cloning and Expression of Enzymes with Laccase Activity from Pseudomonas Species

Based on the sequence analysis and activity data, two amplicons from P. putida F6 (cbp—348
bp and copA—1869 bp) and amplicons from P. putida KT2440 (mcoKT—741 bp) and P. putida CA-3
(mcoCA3—738 bp) were cloned into pRSET B expression vector. Sequences of four amplicons are
deposited in GenBank under accession numbers MN075141, MN075142, MN075139, and MN075140.
The recombinant proteins were expressed as N-terminal His6 fusion proteins in E. coli Rosetta (DE3) after
72 h induction at 17 ◦C with 1 mM IPTG. Activity of overexpressed proteins was determined in ABTS
assay using cell-free extracts. Proteins of interest were purified with Ni-NTA affinity chromatography,
and their activity was confirmed using zymography assay (Figure 3).

 

 
Zymography assay of purified laccases from Pseudomonas species using native PA

Figure 3. Zymography assay of purified laccases from Pseudomonas species using native PAGE analysis.
The first lane—BlueStar prestained protein marker (Nippon genetics). Lanes from left to right: Cbp
(P. putida F6), CopA (P. putida F6), McoKT (P. putida KT2440), and McoCA3 (P. putida CA-3).

Although most of the laccases studied thus far are of fungal origin, they have limitations including
difficulties in heterologous protein expression due to the need for posttranslational modifications,
as well as narrow temperature and pH range [4,14]. During the last decade bacterial laccases gained
more attention [31,45] due to the number of advantages over fungal laccases, one of which is being
more amenable for recombinant expression and directed evolution studies in an E. coli host. Despite
wide use of Pseudomonas enzymes in different industrial applications, to date only one laccase-like
enzyme, namely CopA from P. putida KT2440, was recombinantly expressed and characterized [5]. The
247 amino acid multicopper oxidase enzyme identified from P. putida KT2440 in the current study is
much smaller than the 669 amino acid enzyme identified by Granja-Travez and co-workers [5].

2.6. Characterization of Recombinantly Expressed Laccases from Pseudomonas species

Activity profiles of four purified laccases on different pH values were determined using ABTS as
the substrate and buffers of different pHs ranging from 3 to 10. All tested enzymes exhibited a broad
pH range, pH 3 to pH 8 for Cbp and CopA, and pH 3 to pH 7 for McoKT and McoCA3, all showing
maximum activity at pH 4 (Figure 4A). Obtained results are in accordance with available literature data:
CopA from P. putida KT2440, laccase from Bacillus coagulans, and B. clausii laccase [26] exhibited maximum
activity on ABTS as a substrate on pH 4 [5]. Furthermore, laccase from B. licheniformis showed maximal
activity at pH 3 [3] while laccase from Streptomyces cyaneus had the maximum activity at pH 5 [4].
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Figure 4. pH, temperature optimum and temperature stability of expressed laccases from Pseudomonas

species: (A) relative enzymes activity at different pH values, (B) relative enzymes activity at different
temperatures, (C) temperature stability at 60 ◦C, (D) temperature stability at 80 ◦C.

Temperature optimum was determined by incubating the enzymes at temperatures ranging from
20 to 80 ◦C under previously determined optimal pH. All tested laccases showed a broad temperature
range from 20 to 80 ◦C with optimal range from 30 to 50 ◦C (Figure 4B). High enzyme activity
even at elevated temperatures correlates with other bacterial laccases and laccase-like multi-copper
oxidases [26,27].

Temperature stability of purified laccases from Pseudomonas species was assessed by incubation
of enzymes at 60 ◦C and 80 ◦C for a total of 120 min, while taking enzyme aliquots for activity tests
with ABTS every 30 min. All tested enzymes exhibited high temperature stability at 60 ◦C, since their
activities were slightly elevated in comparison to control (enzyme activity measured before incubation
at 60 ◦C and 80 ◦C) that was arbitrarily set to 100%, even after 2h of incubation (Figure 4C). Temperature
activation of enzyme is also previously shown by Ece and coworkers [4]. McoCA3 enzyme exhibited
the best temperature stability overall, as it retained 55% of its initial activity after 120 min at 80 ◦C,
while Cbp, CopA, and McoKT retained 16%, 29%, and 20% of activity, respectively (Figure 4D).

Considering that Pseudomonas strains are mesophilic microorganisms, enzymes tested in this study
showed high thermotolerance, which is in accordance with literature data on other enzymes from
mesophilic microorganisms. Lončar and coworkers tested the activity of purified recombinant laccase
from Bacillus licheniformis and retained 50% of activity after 100 min incubation at 60 ◦C, and 60 min
incubation at 70 ◦C [3]. Cell-free extracts of heterologously expressed laccase-like MCO from Bacillus

strains retained their activities after 30 min of incubation at 70 ◦C [26]. Ece and coworkers tested
the activity of purified recombinant laccase from Streptomyces strain on DMP (2,6-dimethoxyphenol)
substrate and showed retention of 50% of activity after 1 h incubation at 60 ◦C, while almost all activity
was lost at 90 ◦C [4].

103



Catalysts 2019, 9, 629

2.7. Degradation of Synthetic Textile Dyes Using Laccases from Pseudomonas Species

Potential of recombinant laccases from Pseudomonas strains to degrade seven synthetic dyes was
followed spectrophotometrically for four days and results are presented as relative dye degradation in
percents (Figure 5, only degraded dyes are shown). All dyes selected for degradation experiments
are widely used in textile and dyeing industries. Among the seven tested dyes, five belong to azo
dyes, which make up to 70% of all textile dyestuff produced [46]. Although, degradation experiments
were first performed without the addition of a redox mediator (data not shown), the addition of
ABTS (0.05 mM) substantially improved degradation of synthetic dyes by tested laccases. Two dyes,
namely Erythrosin B and Orange G, were only dyes that were not degraded by tested laccases from
Pseudomonas species. Among tested samples the best performing was cell-free extract containing
CopA laccase from P. putida F6. CopA laccase degraded five out of seven tested dyes, namely Amido
Black 10B, Brom Cresol Purple, Evans Blue, Reactive Black 5, and Remazol Brilliant Blue (Figure 5B).
This laccase completely degraded azo dye Reactive Black 5 within four days, while 86% of dye
degradation was detected after 48 h (Figure 5B). Pereira and coworkers [47] tested the ability of purified
recombinant bacterial CotA-laccase from Bacillus subtilis to degrade Reactive Black 5 and obtained 85%
of degradation after 24 h. Among seven tested dyes, Amido Black 5 was the only dye significantly
degraded by all used laccases, with a degradation range from 70 to 95% within four days. Mishra and
coworkers tested three Bacillus soil isolates and obtained 50–84% of azo dye Amido Black 5 degradation
after four days incubation with bacterial culture [48]. Ninety-five percent of triphenylmethane dye
Brom Cresol Purple was degraded within four days incubation with cell-free extract containing laccase
from P. putida CA-3 (Figure 5D). The majority of studies on textile dyes degradation were performed
using fungal laccases. All laccases tested in this study showed promising potential for the application
in textile dye degradation, having in mind that presented results were obtained using cell-free extracts
of recombinant strains expressing laccases, not purified enzymes to make the process scalable and to
avoid costly enzyme purification procedures.

 

 
Figure 5. Degradation of five synthetic textile dyes using cell-free extracts (CFE) of E. coli Rosetta 

Figure 5. Degradation of five synthetic textile dyes using cell-free extracts (CFE) of E. coli Rosetta (DE3)
expressing laccases: (A) Cbp from P. putida F6; (B) CopA from P. putida F6; (C) KT from P. putida KT2440;
and (D) CA-3 from P. putida CA-3.
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3. Materials and Methods

3.1. Reagents

All reagents and solvents used in this work were purchased either from Merck (Darmstadt,
Germany) or Sigma-Aldrich (St. Louis, MO, USA). Dyes were purchased from Carl Roth (Karlsruhe,
Germany), except Reactive Black 5 which was purchased from Sigma-Aldrich (St. Louis, MO, USA).
GeneJet PCR purification, GeneJet gel extraction kit, and GeneJet plasmid purification kits were
purchased from Thermo Fisher Scientific (Waltham, MA, USA).

3.2. Bacterial Strains

All strains used in this study as sources of laccases as well expression strains are presented in
Table 3.

Table 3. Bacterial strains used in this study.

Bacterial Strain Reference

Pseudomonas aeruginosa PAO1 ATCC 15,692
Pseudomonas putida CA-3 NCIMB 41,162

Pseudomonas putida F6 [33]
Pseudomonas putida KT2440 ATCC 47,054

Pseudomonas putida mt-2 NCIMB 10,432
Pseudomonas putida S12 ATCC 70,0801

Pseudomonas chlororaphis B561 ATCC 19,523
Escherichia coli Rosetta (DE3) Merck, Darmstadt, Germany

3.3. Media

Mineral Salts Medium (MSM) containing 9 g/L Na2HPO4 × 12H2O, 1.5 g/L KH2PO4, 0.2 g/L
MgSO4 × 7H2O, 0.002 g/L CaCl2, 1 g/L NH4Cl, 1 mL salt solution [49], supplemented with 0.7%
casamino acids, 1% glucose, and 5mM phenylacetic acid was used for growth of wild type Pseudomonas

strains and induction of laccases.
Luria–Bertani (LB) broth containing 10 g/L tryptone, 10 g/L NaCl, and 5 g/L yeast extract was used

for the growth. Laccase activity was tested on agar plates containing 10 g/L tryptone, 10 g/L NaCl,
5 g/L yeast extract, and 15 g/L agar with 0.01% guaiacol and 0.35 mM CuSO4. Plates were incubated
for 7 days at 30 ◦C.

For selection of clones Luria Agar (LA) plates supplemented with 100 µg/mL of ampicillin. For
expression of recombinant laccase terrific broth (TB) was used containing 24 g/L yeast extract, 20 g/L
tryptone, 0.4% glycerol, 0.017 M KH2PO4, and 0.072M K2HPO4 with 100 µg/mL ampicillin.

3.4. Screen for Laccase Activity on Guaiacol Agar and in ABTS Assay

The plate method assay for laccase activity was performed on LA agar supplemented with
0.01%(w/v) guaiacol of syringaldazine as laccase substrates and 0.35 mM CuSO4. Strains were seeded
and grown overnight at 37 ◦C and observed for the formation of brown colored zones around colonies
that form when laccase is produced by the tested strain.

2,2′-azino-bis(3-ethylbenzothiazoline-6-sulphonic acid) (ABTS) assay was performed either with
supernatants and cell-free extracts of wild type strains or with heterologously expressed purified
proteins. The reaction was performed in 100 mM Na-acetate buffer pH 4.5 with the addition of 1 mM
ABTS and 2 mM CuSO4. Absorption of formed product was followed spectrophotometrically at
410 nm.
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3.5. Primer Design, Gene Amplification and Cloning

Based on the data retrieved from UniProt database search for laccase from Pseudomonas, primers
for laccase amplification from selected Pseudomonas strains were designed. All primers are presented
in Table 1, where restriction sites for positional cloning in pRSETB vector are designated in bold.

PCR amplification of genes coding for proteins with laccase activity was carried out based on the
manufacturer’s instructions of GeneJet PCR kit (Thermo Fisher Scientific) on corresponding primer
specific annealing temperature (Table 1). Amplified and restriction digested PCR fragments were
positionally cloned in pRSET B vector and E. coli Rosetta (DE3) competent cells (both from Thermo
Fisher Scientific) were transformed.

3.6. Protein Purification from P. putida F6

A functional isolation of protein with laccase (ABTS oxidizing) activity was performed using
anion-exchange (Q-Sepharose) columns were purchased from Amersham (Amersham Biosciences
AB, Uppsala, Sweden). Cell-free extracts of phenylacetic acid-induced (5 mM) P. putida F6 cells were
obtained using following procedure: cell culture was centrifuged for 20 min at 3000× g (Eppendorf
centrifuge 5804, Hamburg, Germany). Pellet was resuspended in lysis buffer (20 mM Tris-HCl, pH 8,
and 1 mg/mL lysozyme) and incubated 30 min at 37 ◦C. Mixture was sonicated at 20 KHz, 3 pulses of
15 s (Soniprep 150, MSE (UK) Ltd., Lindon, UK). Cell-free extracts were clarified by centrifugation
for 40 min at 20,817× g, 4 ◦C (Eppendorf Centrifuge 5417 R, Hamburg, Germany). Obtained cell-free
extracts were dialyzed against 20 mM Tris-HCl buffer pH 8 and loaded on a manually packed (5 cm
× 25 cm) strong anion-exchange Q-Sepharose column pre-equilibrated at the same buffer. Elution
was performed applying a linear gradient of 0–0.5 M NaCl at a flow rate of 5 mL/min. Partially
purified enzymes were equilibrated in 20 mM Tris-HCl pH 7 buffer, applied on pre-equilibrated column
separately and eluted as previously described. Concentrated fractions were checked for homogeneity
by SDS-PAGE, stained with Coomassie Brilliant Blue. Partially purified enzymes were loaded onto a
HiPrep 16/60 Sephacryl S-200 HR (1.6 cm × 60 cm) and HiPrep Sephacryl S-300 HR 26/60 (2.6 cm ×
60 cm) gel filtration columns, previously equilibrated with 20 mM Tris-HCl pH 7 with 150 mM NaCl at
a flow rate 60 mL/h. Obtained fractions were tested for enzyme activity using ABTS assay (Section 3.4).

3.7. N-Terminal and Genome Sequencing

Purified laccase from Pseudomonas putida F6 was sequenced by Cambridge Peptides Ltd.,
West Midlands, UK. A sequence of 7 amino acids at N-terminus was identified by the Edman
degradation method.

Genome of Pseudomonas putida F6 was sequenced in MicrobesNG company (Birmingham, UK).
Obtained raw genome sequences were annotated using PROKKA software tool and analyzed
using Conserved Domains tool [42–44]. Genes of interest were discovered by motif, sequence
and domain-based search and primers for cloning in pRSETB were designed (Table 1).

3.8. Recombinant Protein Expression and Purification

Host cells carrying pRETB plasmid with laccases from different Pseudomonas strains were grown
overnight at 37 ◦C in TB medium containing 100 g/mL ampicillin. Overnight culture was diluted
(1%) into TB medium containing ampicillin (100 g/mL) and CuSO4 at final concentration of 2 mM
and after reaching OD600 = 0.5 expression was induced with 1 mM IPTG and carried out for 48 h
at 17 ◦C with shaking at 180 rpm. Cells were pelleted for 10 min at 3000× g (Eppendorf centrifuge
5804, Hamburg, Germany). Lysis buffer containing (50 mM NaH2PO4, pH 8, 300 mM NaCl, 10 mM
imidazole, and 1 mg/mL lysozyme) was used for the preparation of cell-free extracts. The mixture
was incubated for 30 min at 37 ◦C followed by sonication of 3 pulses of 15 s at 20 KHz (Soniprep 150,
MSE (UK) Ltd., England). Cell-free extracts were clarified by centrifugation for 40 min at 20 817× g,
4 ◦C (Eppendorf Centrifuge 5417 R, Hamburg, Germany). Clear supernatant was loaded on a NiNTA
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agarose (Qiagen, Hilden, Germany) equilibrated with 50 mM NaH2PO4 pH8, 300 mM NaCl, 10 mM
imidazole. Non-specifically bound proteins were washed with one volume of 50 mM imidazole in
starting buffer followed by elution with 250 mM and 500 mM imidazole in the same buffer. Total
protein concentration in collected fractions was determined according to the Bradford method [50]
using Quick StartTM Bradford 1× Reagent (BioRad Laboratories, California, USA). Collected fractions
were analyzed by activity assay on ABTS and SDS-PAGE.

3.9. Temperature and pH Optimum of Purified Laccases

The optimum pH of the laccase enzymes was determined within a pH range of 3 to 10 using
ABTS (2,2′-azino-bis(3-ethylbenzothiazoline-6-sulphonic acid) as a substrate, and purified proteins
with adjusted concentrations. For pH range from 3 to 5, acetate buffer was used; for pH 6 and 7,
20 mM phosphate buffer was used; while for pH 8 and pH 9 and 10, 20 mM Tris-HCl and 20 mM
glycine-NaOH were used, respectively. Temperature optimum of enzyme activity was measured in the
range of 20 to 80 ◦C at previously determined optimal pH and buffer and with ABTS as a substrate.
ABTS assay contained 20 mM Na-acetate buffer pH 4.5, 100 µL of sample, 1 mM ABTS, and 2 mM
CuSO4 and after incubation of 15 min at 37 ◦C reactions were followed spectrophotometrically for
product formation at 420 nm.

Thermal stability of purified laccase was determined by measuring residual activity upon
incubating aliquots of purified laccases at 60 ◦C and 80 ◦C. Samples were withdrawn at 30, 60, 90, and
120 min, placed on ice, and enzyme activity was determined in ABTS assay as described in Section 3.4.
For testing thermal stability 100 mM Na-acetate buffer of pH 4.0—pH 5.0 was used.

3.10. Textile Dyes Degradation

Seven different dyes were selected to study degradation ability of the laccases from Pseudomonas

species. Selected dyes belong to three different groups: Amido Black 10B, Evans Blue, Reactive Black 5,
Remazol Briliant Blue, and Orange G are azo dyes, Brom Cresol Purple is triphenylmethane dye, while
Erythrosin B is xanthene dye. Stock solutions of the dyes in 100 mM Na-acetate buffer pH 4.5 were
stored in the dark at 4 ◦C. For dyes degradation experiments cell-free extracts of four recombinant
strains expressing laccases from Pseudomonas species were used. Reaction consisted of cell-free extracts
of adjusted protein concentrations in 100 mM Na-acetate buffer pH 4.5, 0.05 mM ABTS, and 2 mM
CuSO4 and corresponding dye. Concentration of each dye was set to correspond to 0.6 absorbance
units at the maximum wavelength of a specific dye. In this experiment two controls were set up. One
control reaction consisted of appropriate dye, 100 mM Na-acetate buffer pH 4.5, 0.05 mM ABTS, and
2 mM CuSO4, and was used to monitor dye degradation over time. Second control reaction, used as
blank, was prepared for each laccase, and consisted of cell-free extract in 100 mM Na-acetate buffer
pH 4.5, 0.05 mM ABTS, and 2 mM CuSO4. Reactions were incubated for four days at 30 ◦C, and dye
concentrations were spectrophotometrically measured at maximum wavelength determined for each
dye. Dye degradation (%) was calculated using following equation:

initial absorbance− f inal absorbance

initial absorbance
× 100% (1)

4. Conclusions

Four active recombinant laccases from three Pseudomonas sp. (P. putida KT2440 and P. putida CA-3,
and P. putida F6) were discovered using different molecular approaches including DNA sequence
analysis, N-terminal protein sequencing, and genome sequencing data analysis. These new laccases
exhibited good stability at elevated temperatures, and were active over a broad temperature and pH
range. All tested laccases showed good potential in degradation of synthetic textile dyes, with CopA
from P. putida F6 being the most promising, as this laccase was active on five out of seven tested dyes,
namely Amido Black 10B, Brom Cresol Purple, Evans Blue, Reactive Black 5, and Remazol Brilliant
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Blue. This research confirmed that Pseudomonas genus is still a source of biocatalytically relevant
enzymes, since all tested enzymes showed promising potential for the degradation of textile dyes
which makes them good candidates for the application in bioremediation.
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