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Andrés R. Alcántara and Francisco J. Plou

Special Issue on “Applied Biocatalysis in Europe: A Sustainable Tool for Improving Life
Quality”
Reprinted from: Catalysts 2021, 11, 339, doi:10.3390/catal11030339 . . . . . . . . . . . . . . . . . 1

Ferdinando Zaccone, Valentina Venturi, Pier Paolo Giovannini, Claudio Trapella, 
Marco Narducci, Hugues Fournier and Anna Fantinati

An Alternative Enzymatic Route to the Ergogenic Ketone Body Ester (R)-3-Hydroxybutyl 
(R)-3-Hydroxybutyrate
Reprinted from: Catalysts 2021, 11, 140, doi:10.3390/catal11010140 . . . . . . . . . . . . . . . . . . 5

Johanna Aguilera-Oviedo, Edinson Yara-Varón, Mercè Torres, Ramon Canela-Garayoa 
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Applied biocatalysis, i.e., the use of enzymes and whole-cell systems in manufacturing
processes for synthetic purposes, has been experiencing a clear boom in recent years,
which has led to the start of the so-called “fourth wave”. In fact, the latest advances in
bioinformatics, system biology, process intensification, and in particular, enzyme-directed
evolution (encouraged by the 2018 Nobel Prize awarded to F. Arnold) are widening the
range of the efficacy of biocatalysts and accelerating the rate at which new enzymes are
becoming available, even for activities not previously discovered.

Biocatalysis is the preferred alternative compared with other methodologies of tradi-
tional chemistry (based on protection/deprotection steps of functional groups, resulting
in multi-step processes with a low overall yield), due to the excellent regio-, chemo- and
stereo-specificity of enzymes, as well as to the mild conditions required. Biocatalytic pro-
cesses are mostly environmentally friendly and generate fewer amounts of waste compared
with conventional organic synthesis.

Biocatalysis is a cost-effective and sustainable technology that fulfils most of the
principles of green chemistry. This tool has been applied for the manufacture of a wide
range of compounds for different areas, including the food, chemical, pharmaceutical and
cosmetic industries. Figure 1 represents some of the most important substances currently
synthesized with the use of enzymes.

Nine contributions dealing with different aspects of applied biocatalysis are gathered
in this Special Issue. The main topics are summarized herein.

Zaccone et al. have reported on a transesterification strategy to synthesize the bioactive
compound (R)-3-hydroxybutyl-(R)-3-hydroxybutyrate [1]. The reaction exploited the stereo-
selectivity of Candida antarctica lipase B, which was very efficient for the kinetic resolution
of the racemate.

The issue of the production of omega-3 ethyl esters was investigated and thoroughly
discussed by Aguilera-Oviedo et al. [2], who employed enzymes (Candida antarctica lipase
B) or resting cells (Aspergillus flavus and Rhizopus oryzae) as biocatalysts.

Estévez-Gay et al. accomplished the computational study of halohydrin dehalogenases
(HHDH), a family of enzymes that exhibit a promiscuous epoxide-ring opening activity [3].
Coupling the analysis of conformational landscapes with calculations of tunnels and
channels by CAVER software, they assessed their impact on the active site tunnels and the
potential ability of HHDH to catalyze the ring opening of bulky epoxides, providing key
information for HHDH engineering.

Ramos-Martín et al. accomplished the challenge of obtaining high enantioselectivity
at high temperatures [4]. For such purposes, they employed a thermophilic lipase for the
synthesis of both enantiomers of mandelic acid by the ethanolysis of a racemate. The best
performance was obtained in imidazolium-based ionic liquids at temperatures as high as
120 ◦C.

Coloma et al. developed an immobilization strategy on controlled-porosity glass to
increase the stability in acidic media of hydroxynitrile lyase from Arabidopsis thaliana [5].

Catalysts 2021, 11, 339. https://doi.org/10.3390/catal11030339 https://www.mdpi.com/journal/catalysts
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The enzyme was decorated with a His-tag to improve immobilization, and the resulting
biocatalysts were efficient in the selective synthesis of (R)-cyanohydrins in batch and
continuous flow systems.

 
Figure 1. Examples of current applications of biocatalysis for the synthesis of compounds for the food, chemical, cosmetic
and pharmaceutical industries. FOS: fructooligosaccharides; and GOS: galactooligosaccharides.

Arslan et al. developed a transesterification process to synthesize a group of fatty acid
polyesters of great potential called estolides [6]. They used castor oil as raw material and
Candida antarctica lipase A as biocatalyst. They obtained estolide trimers and tetramers and
proposed multienzyme systems to control product selectivity.

Velasco-Bucheli et al. [7] studied in detail the hydrolysis of N-acyl-homoserine lactones
using two enzymes: penicillin acylase from Streptomyces lavendulae and aculeacin A acylase
from Actinoplanes utahensis. They proved the involvement of both enzymes in quorum
quenching (QQ) processes by Chromobacterium violaceum CV026-based bioassays and the
inhibition of biofilm formation by Pseudomonas aeruginosa, which suggests the application
of these enzymes as quorum quenching agents.

Cervantes et al. presented a three-stage process for the valorization of cheese whey into
the functional sweetener D-tagatose [8]. The β-galactosidase from Bifidobacterium bifidum
hydrolyzed lactose, and the glucose was selectively removed by treatment with Pichia
pastoris cells, and L-arabinose isomerase US100 from Bacillus stearothermophilus isomerized
D-galactose into D-tagatose.

Ntana et al. reviewed the pivotal role of Aspergillus species in the field of industrial
biotechnology [9], in particular as cell factories for the efficient production of recombinant
proteins, including many commercial enzymes. The authors went over the advances in the
Aspergillus-specific molecular toolkit and the use of engineering strategies to increase the
expression levels of recombinant fungal proteins. The strategies to overcome the limitations
in the production of non-fungal proteins was also covered.

In conclusion, the editors hope that the articles included in this Special Issue of Cat-
alysts clearly illustrate the versatility of soluble and immobilized enzymes as efficient
catalysts in their different areas of application, and the potential of European research
laboratories devoted to this field. We really appreciate the authors for their excellent con-
tributions and the reviewers for their comments, which highlighted certain shortcomings
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in the manuscripts and helped improve them. We thank the staff of the editorial office of
Catalysts, and in particular the formidable work done by Caroline Zhan, assistant editor.
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Abstract: Recent studies have highlighted the therapeutic and ergogenic potential of the ketone body
ester, (R)-3-hydroxybutyl-(R)-3-hydroxybutyrate. In the present work, the enzymatic synthesis of
this biological active compound is reported. The (R)-3-hydroxybutyl-(R)-3-hydroxybutyrate has been
produced through the transesterification of racemic ethyl 3-hydroxybutyrate with (R)-1,3-butanediol
by exploiting the selectivity of Candida antarctica lipase B (CAL-B). The needed (R)-1,3-butanediol
was in turn obtained from the kinetic resolution of the racemate achieved by acetylation with vinyl
acetate, also in this case, thanks to the enantioselectivity of the CAL-B used as catalyst. Finally, the
stereochemical inversion of the unreacted (S) enantiomers of the ethyl 3-hydroxybutyate and 1,3-
butanediol accomplished by known procedure allowed to increase the overall yield of the synthetic
pathway by incorporating up to 70% of the starting racemic reagents into the final product.

Keywords: ketone body ester; lipase; kinetic resolution; asymmetric synthesis; configuration inver-
sion

1. Introduction

The ketone bodies (R)-3-hydroxybutyrate and acetoacetate, are short chain acids
produced by the liver from the free fatty acids released from adipose tissue. The blood
ketone bodies concentration normally ranges below 1 mM [1] increasing up to 5–7 mM
during prolonged fasts [2]. Under this metabolic condition, known as ketosis, ketone
bodies efficiently replace glucose as respiratory substrate, furnishing a higher adenosine
triphosphate (ATP) yield with respect to pyruvate, the end-product of glycolysis [3]. This
explain why a mild ketosis is beneficial for muscle and brain during prolonged physical
exercise [4–6]. Furthermore, significant results in the treatment of patients affected by
neurodegenerative diseases [1,7–9] and epilepsy [10] have been obtained through the in-
creasing of blood ketone bodies induced by consumption of a ketogenic diet. However, a
nutrition devoid of carbohydrate and rich of saturated fats is scarcely tolerated by most
of the patients, and increases plasma cholesterol and free fatty acids, both known risk
factors for several pathologies [11,12]. On the other hand, administration of therapeutically
relevant amounts of the ketone bodies as free acids or sodium salts resulted in dangerous
acidosis or sodium overload, respectively [13]. The oral assumption of ketone bodies esters
has been demonstrated as a successful alternative to induce beneficial levels of ketosis
avoiding the increase of blood levels of cholesterol and fatty acids as well as the risk of
acidosis or sodium overloading [14]. The most employed ketone body ester is the palatable
and nontoxic (R)-3-hydroxybutyl (R)-3-hydroxybutyrrate [15,16] which is cleaved in vivo
to (R)-3-hydroxybutyrate and (R)-1,3-butanediol. The former is the most abundant ketone
body of the entire circulating pool (about 70%) [4], the latter is converted to acetoacetate

Catalysts 2021, 11, 140. https://doi.org/10.3390/catal11010140 https://www.mdpi.com/journal/catalysts
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and (R)-3-hydroxybutyrate in the liver [17]. The (R)-3-hydroxybutyl (R)-3-hydroxybutyrate
has been produced by enzymatic reduction of 3-oxobutyl acetoacetate (in turn obtained
by transesterification of diketene with 4-hydroxybutan-2-one) [18]. The fermentative pro-
duction by means of metabolically engineered anaerobic microorganisms has been also
reported [19]. The simplest strategy for producing this ketone body ester is the lipase-
catalyzed transesterification of ethyl (R)-3-hydroxybutyrate with (R)-1,3-butandiol [20].
This approach requires enantiopure reagents. The (R)-3-hydroxybutyrate can been obtained
by enzymatic kinetic resolution of the racemate [21] as well as by alcoholysis of polyhy-
droxybutyrate, a polyester produced on large scale by bacterial fermentation [22]. Recently,
(R)-3-hydroxyburate and (R)-1,3-butandiol have been respectively obtained by acid cat-
alyzed ethanolysis or sodium borohydride reduction of (R)-β-butyrolactone deriving from
enzymatic hydrolysis of the corresponding racemate (Scheme 1) [23,24]. Herein we report
a new enzymatic approach which, starting from both racemic ethyl 3-hydroxybutyrate and
1,3-butandiol, affords the ketone body ester (R)-3-hydroxybuthyl (R)-3-hydroxybutyrate.
The overall yield of the synthetic pathway was pushed up to 70% thanks to the recycling of
the (S) reagents by stereochemical inversion.

Scheme 1. Synthesis of (R)-hydroxybuthyl (R)-3-hydroxybutyrate 4 starting from racemic β-butyrolactone 1 following the
methodology reported in reference 24. Reaction conditions: Step (a) racemic-1 (50 mmol), H2O (30 mmol), methyl tert-butyl
ether (MTBE) (250 mL), Candida antarctica lipase B (CAL-B) (0.3 g), 25 ◦C, 2 h; Step (b) (R)-1 (23 mmol), ethanol (50 mL),
H2SO4 (0.2% v/v), 25 ◦C, 48 h; Step (c) (R)-2 (20 mmol), (R)-3 (20 mmol), CAL-B (0.2 g), 30 ◦C, 80 mm Hg, 6 h. Yields of (R)-2
and (R,R)-4 referred to the isolated products; the yield of compound (S)-2 was deduced from the CG analysis of the crude
reaction mixture.

2. Results and Discussion

2.1. Synthesis of (R)-3-Hydroxybutyl (R)-3-Hydroxybutyrate from Enantioenriched
(R)-3-Hydroxybutyrate

To produce (R)-3-hydroxybutyl (R)-3-hydroxybutyrate on a gram scale, we followed
the procedure recently proposed by Ulrich and coworkers [24]. In this procedure, the
racemic β-butyrolactone (compound 1, Scheme 1) was kinetically resolved by Candida
antarctica lipase B (CAL-B) catalyzed hydrolysis. After aqueous workup to remove the
(S)-3-hydroxybutanoic acid, the resulting (R)-β-butyrolactone was transesterified with
ethanol to give ethyl (R)-3-hydroxybutyrate 2 (steps a) and b), Scheme 1). In our results,
these reaction sequences gave (R)-2 with 85% enantiomeric excess (ee). The lower optical
purity with respect to the literature data (>99%) [24], was probably due to an incomplete
hydrolytic step. Despite this, we submitted the enantioenriched (R)-2 to the CAL-B-
catalyzed transesterification with (R)-1,2-butandiol 3 (step c), Scheme 1). Following the
reaction course by chiral phase gas chromatographic analysis, we noted that, once the
complete conversion of (R)-2 to the desired (R)-3-hydroxybuthyl (R)-3-hydroxybutyrate
(R,R)-4 was reached, the small amount of (S)-2 (7.5%) present in the starting ethyl ester
remained unreacted. This prompted us to investigate the possibility to directly use racemic-
2 for the enantioselective synthesis of the ketone body ester (R,R)-4.

2.2. Synthesis of (R)-3-Hydroxybutyl (R)-3-Hydroxybutyrate from Racemic 3-Hydroxybutyrate

The possibility to produce the ketone body ester (R,R)-4 starting from the racemic ethyl
ester 2 was verified by reacting (R)-1,3-butandiol (3) with two equivalents of racemic-2 in

6
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the presence of CAL-B without the addition of any solvent. The reaction was gently shaken
at 30 ◦C under reduced pressure (80 mmHg) in order to remove of the coproduced ethanol.
The formation of product 4, as well as its stereochemistry, were periodically checked by
chiral phase GC analysis. After 5 h, the diol 3 was completely converted to the expected
(R,R)-4 leaving the ethyl ester (S)-2 unreacted (Scheme 2, route a). After removing the
enzyme by filtration, the crude reaction mixture was distillated under vacuum to recover
(S)-2 (40% yield, >91% ee) as the distillate and (R,R)-4 (48% yield, >20/1 dr) as the residue.

Scheme 2. CAL-B catalyzed transesterification of racemic ethyl 3-hydroxybutyrate 2 with (R)- or racemic 1,3-butandiol 3

(route (a) and (b), respectively). Reaction conditions: (R)-2 (20 mmol), (R)-3 (20 mmol, route a) or racemic-3 (40 mmol, route
b), CAL-B (0.2 g), 30 ◦C, 80 mm Hg, 6–8 h. Yields for routea (a) referred to the isolated products. Yields for route (b) have
been deduced by gas chromatographic (GC) analysis.

The transesterification reaction between both the racemic 2 and 3, was attempted
as well (Scheme 3, route b). However, in this case, because of the distance between the
reactive hydroxyl group and the chiral carbon (C3) both the enantiomers of the diol 3

reacted with comparable rates. As a result, a 1:1 mixture of (R,R)- and (R,S)-4 was obtained
(see Supplementary Materials).

Scheme 3. The synthetic pathway for the preparation of enantiopure (R)-1,3-butanediol 3. Reaction condition: step (a)
racemic-3 (20 mmol), vinyl acetate (30 mmol), CAL-B (0.2 g), 30 ◦C, 2.5 h; step (b) (R)-6 (9.6 mmol), ethanol (28.8 mmol),
CAL-B (0.2 g), cyclohexane (10 mL), 30 ◦C, 2h. Yields referred to isolated products.
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2.3. CAL-B Catalyzed Kinetic Resolution of the 1,3-Butandiol

Once we ascertained the possibility to use ester 2 as racemate, as well as the needing of
enantiomerically pure (R)-3, we engaged the study on the kinetic resolution of the racemic
diol 3.

The structural resemblance of diol 3 and ester 2, suggested us to attempt the kinetic
resolution of the former, through an enzymatic approach developed for the later [21].
On the other hand, a precedent study reported the lipase mediated kinetic resolution
of racemic-3 with ChirazymeTM[25]. The reaction, once again catalyzed by CAL-B, was
performed in a solvent-free system with 1.5 equivalents of vinyl acetate as the acylating
agent. The time course of the reaction monitored by chiral phase CG analysis (Figure 1)
showed the not stereoselective esterification of the primary alcoholic group leading to the
complete conversion of the racemic diol 3 to (R)- and (S)-3-hydroxybutyl acetate 5 within
the first half-hour. After this, the concentration of (S)-5 remained almost unvaried, while
(R)-5 was quickly converted to (R)-1,3-butandiol diacetate 6. The reaction performed on
preparative scale (1 g of racemic-3) gave after 2.5 h the complete conversion of the racemic
diol 3 to an almost equimolar mixture of (S)-5 and (R)-6 (Scheme 3). After removing the
vinyl acetate by evaporation, the crude reaction mixture was chromatographed on silica
gel to separate (S)-5 (45% yield, 90% ee) from (R)-6 (48% yield, >95% ee).

Figure 1. Time course of the CAL-B catalyzed kinetic resolution of racemic diol 3.

The diacetate was then subjected to ethanholysis in the presence of CAL-B. The reac-
tion was conducted in cyclohexane as the solvent since the use of pure ethanol was reported
as detrimental for the stability of the enzyme [21]. After evaporation of cyclohexane, excess
of ethanol and ethyl acetate coproduct, the (R)-3 was obtained in 95% yield (>95 % ee) and
used without further purification for the synthesis of (R,R)-4.

2.4. Inversion of Configuration of (S)-3-Hydroxybutyl Acetate 5

The overall yield of the synthetic pathway, including the preparation of the enan-
tiopure diol (R)-3, was 38% (calculated on the starting racemic-3). Therefore, in order to
increase the overall yield as well as the economy of the process, the configuration inversion
of the coproducts ethyl (S)-hydroxybutyrate 2 and (S)-3-hydroxybutyl acetate 5 was then
taken into account. The inversion of (S)- to (R)-2 by mesylation of the hydroxyl group
followed by SN2 with cesium acetate has been recently published [26]. However, a follow-
ing work reported a low selectivity of this procedure because of the formation of ethyl
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3-methylacrylate as elimination by-product (Scheme 4) [24]. For this reason, we focused
alternative inversion strategy, based on the tosylation of the hydroxyl group followed by
SN2 inversion with triethylammonium acetate (Scheme 4) [27]. This approach provided
the expected O-acetylated (R)-2 in 70% yield (88% ee), a result in line with that reported in
the original study. The acetylated product was finally converted to (R)-2 by ethanolysis in
the presence of CAL-B as described [21].

 

Scheme 4. Synthetic pathways for the configuration inversion of (S)-2 through mesylation followed by SN2 with cesium
acetate [24] or by means of tosylation followed by SN2 with triethylammonium acetate [27].

Once verified the efficiency of the method as well as its compatibility with the ester
group, the (S)-3-hydroxybutyl acetate 5 was submitted to the same procedure. The reaction
of (S)-5 with p-toluenesulfonyl chloride in pyridine gave the expected tosyl derivative
9 in 96% yield (Scheme 5). The following SN2 was performed by adding compound
9 to a solution of triethylamine and acetic acid in toluene and warming the resulting
mixture for 4h at 80 ◦C. After aqueous workup and solvent evaporation, the residue was
chromatographed to give (R)-6 in 80% yield (88% ee).

 

Scheme 5. Inversion of the configuration of the (S)-3-hydroxybutyl acetate 5. Reaction condition:
step (a) (S)-5 (7.5 mmol), p-dimethylaminopyridine (0.38 mmol), pyridine (5 mL), p-toluenesulfonyl
chloride (9.6 mmol, added at 0◦ C), 25 ◦C, 5 h; step (b) (S)-9 (7.2 mmol), triethylamine (2.16 mmol),
AcOH (13.0 mmol), toluene (5 mL), 80 ◦C, 4 h. The yields referred to crude product 9 and isolated
product 6. The ee of compound 9 has not determined (n.d.).

3. Materials and Methods

3.1. General Information

All commercially available reagents were used as received without further purification,
unless otherwise stated. The CAL-B Novozym®435 was purchased from Novozymes
(>Copenaghen, Denmark). Reactions were monitored by TLC on silica gel 60 F254 with
detection by charring with phosphomolybdic acid. Flash column chromatography was
performed on silica gel 60 (230–400 mesh). 1H and 13C nuclear magnetic resonance (NMR)
spectra were recorded on 300 and 400 MHz Varianspectrometers (Palo Alto, CA, USA)
at room temperature using CDCl3 as solvent. Chemical shifts (δ) are reported in ppm
relative to residual solvent signals. Optical rotations were measured at 20 ± 2 ◦C in the
stated solvent; [α]20

D values are given in 10−1 deg cm2 g−1. High-resolution mass spectra
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(HRMS) were recorded in positive ion mode with an Agilent 6520 high performance liquid
chromatography (HPLC)-Chip coupled with a quadrupole/time of fly-mass spectrometer
(Q/TOF-MS) nanospray system unit (Santa Clara, CA, USA) to produce spectra. GC
analyses were performed using a Thermo Focus gas chromatograph (Waltham, MA, USA)
equipped with a flame ionization detector and a Megadex 5 column (25 m × 0.25 mm),
with the temperature programs as specified.

3.2. Gas Chromatographic Analysis

Samples (5 mg) were diluted with ethyl acetate and injected (1 μL). The products
were detected using the following temperature program: 70 ◦C for 15 min, 10◦ C/min
up to 200 ◦C. RT for ester 2: 18.5 min; RT for diol 3: 20.7 min; RT for ketone body ester
(S,R)-4: 22.0 min; RT for ketone body ester (R,R)-4: 22.0 min. For a better separation of the
enantiomers, ester 2 and diol 3 were converted to the corresponding O-acetyl derivatives
before the injection. The sample (5 mg) was diluted with acetic anhydride (20 μL) and
triethylamine (5 μL) and kept at room temperature for two hours. The mixture was diluted
with ethyl acetate (1 mL) and injected (1 μL) using the following temperature program:
from 60 ◦C 2 ◦C/min up to 200 ◦ C. RT for the acetyl derivative of (S)-2: 18.7 min; RT for
the acetyl derivative of (2)-2: 21.3 min. RT for diacetate (S)-6: 23.1 min; RT for diacetate
(R)-6: 25.1 min.

3.3. Synthesis of (R)-3-Hydroxybutyl (R)-3-Hydroxybutyrate 4 From Racemic 3-Hydroxybutyrate

A mixture of racemic ethyl ester 2 (1 g, 7.6 mmol), (R)-1,3 butandiol 3 (0.34 g, 3.9 mmol)
and CAL-B (70 mg) was gently shaken under reduced pressure (80 mmHg) at 30 ◦C for
6 h. The reaction mixture was filtered to remove the enzyme and evaporated under
reduced pressure (80 mm Hg) to separate unreacted ethyl ester (S)-2 as the distillate (0.4 g,
3.0 mmol), 40% yield (91% ee), from the (R)-3-hydroxybutyl (R)-3-hydroxybutyrate (R,R)-4
(0.64 g, 3.6 mmol), 48% yield (>90% dr). 1H NMR (300 MHz, CDCl3) δ 4.34–4.25 (m, 1H,
CHOH), 4.22–4.10 (m, 2H, CH2OCO), 3.93–3.79 (m, 1H, CHOH), 2.45 (dd, J = 16.1, 3.9 Hz,
1H, CH2CO2), 2.39 (dd, J = 16.1, 8.4 Hz, 1H, CH2CO2), 1.82–1.63 (m, 2H, CH2), 1.19 (d,
J = 2.7 Hz, 3H, CH3), 1.18 (d, J = 2.6 Hz, 3H, CH3). 13C NMR (100 MHz, CDCl3) δ 172.9,
65.1, 54.6, 62.1, 43.1, 37.6, 23.5, 22.6. HRMS (ESI) m/z calcd for C8H17O4

+: 177,1127 [M +
H]+; found: 177,1137.

3.4. Kinetic Resolution of Racemic-1,3-Butandiol 3

A mixture of racemic 1,3-butandiol 3 (1.8 g, 20 mmol), vinyl acetate (2.6 g, 30 mmol)
and CAL-B (0.2 g) was gently shaken at 30 ◦C following the reaction course by chiral phase
GC analysis. The reaction was stopped when the diol 3 was completely converted (about
2.5 h). The mixture was diluted with methylene chloride (10 mL) and filtered to remove the
enzyme. After evaporation of the solvent the residue was chromatographed on silica gel
with cyclohexane-ethyl acetate-methanol (15:4:1) as the eluent. (S)-3-hydroxybutyl acetate
5 (1.19 g, 9.0 mmol), 45% yield, (90% ee); [α]D

20 = + 19.1 (c 2.0, CHCl3), lit + 17.5 (c 1.4) [25].
1H NMR (300 MHz, CDCl3) δ 4.38–4.27 (m, 1H, CHOAc), 4.16 – 4.07 (m, 1H, CHOAc), 3.95–
3.88 (m, 1H, CHOH), 2.05 (s, 3H, Ac), 1.85–1.62 (m, 2H, CH2), 1.22 (d, J = 6.2 Hz, 3H, CH3).
13C NMR (100 MHz, CDCl3) δ 171.4, 64.6, 61.7, 37.8, 23.4, 20.9. HRMS (ESI) m/z calcd
for C6H13O3

+: 133,0865 [M + H]+; found: 133,0858. (R)-1,3-butandiol diacetate 6 (1.67 g,
9.6 mmol), 48 % yield, (>95% ee); [α]D

20 = −25.7 (c 2.0, CHCl3), lit + 23.5 (c 1.4) [25]. 1H
NMR (300 MHz, CDCl3) δ 4.96–4.83 (m, 1H, CHOAc), 4.05–3.95 (m, 2H, CH2OAc), 1.93
(s, 3H, Ac), 1.92 (s, 3H, Ac), 1.86–1.67 (m, 2H, CH2), 1.14 (d, J = 6.2 Hz, 3H, CH3). 13C NMR
(100 MHz, CDCl3) δ 170.8, 170.3, 67.7, 60.6, 34.6, 21.1, 20.7, 19.9. HRMS (ESI) m/z calcd for
C8H15O4

+: 175,0970 [M + H]+; found: 175,0981.
The (R)-1,3-butandiol diacetate 6 (1.67 g, 9.6 mmol) was dissolved in cyclohexane

(10 mL). Ethanol (1.32 g, 28.8 mmol) and CAL-B (0.2 g) were added and the mixture was
gently shaken at 30 ◦C following the reaction course by TLC. When the diacetate 6 was fully
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converted to the diol 3 the reaction was filtered and evaporated to afford (R)-1,3-butanediol
3 (0.82 g, 9.1 mmol), 95% yield, (>95% ee).

3.5. Inversion of Configuration of (S)-3-Hydroxybutyl Acetate 5

A solution of (S)-3-hydroxybutyl acetate 5 (1 g, 7.5 mmol) and p-dimethylaminopyridine
(47 mg, 0.38 mmol) in pyridine (5 mL) was cooled to 0 ◦C and p-toluenesulfonyl chloride
(1.8 g, 9.6 mmol) was added in portions over 30 min. The mixture was kept at room
temperature for 5 h and then diluted with water (16 mL). The white solid precipitated was
filtered, washed with cold water (2 × 10 mL) and dried under vacuum at 40 ◦C to give
compound 9 (2.06 g, 7.2 mmol), 96% yield; 1H NMR (300 MHz, CDCl3) δ 7.79 (d, J = 8.3 Hz,
2H, Ar), 7.32 (d, J = 8.4 Hz, 2H, Ar), 4.80–4.67 (m, 1H, CHOTs), 4.07–3.97 (m, 1H, CHOAc),
3.95–3.85 (m, 1H, CHOAc), 2.44 (s, 3H, Ts), 1.96 (s, 3H, Ac), 1.99–1.80 (m, 2H, CH2), 1.34
(d, J = 6.2 Hz, 3H, CH3). 13C NMR (100 MHz, CDCl3) δ 171.0, 145.0, 134.5, 130.1, 128.1,
77.1, 60.4, 35.8, 21.9, 21.4, 21.1. The crude compound 9 (2.06 g, 7.2 mmol) was added to a
solution of triethylamine (0.22 g, 2.16 mmol) and acetic acid (0.78 g, 13 mmol) in toluene
(5 mL) previously stirred at room temperature for half an hour. The mixture was heated to
80 ◦C, and stirred at this temperature for 4 h. After cooling to room temperature, the
reaction mixture was diluted with toluene (40 mL) and was washed successively with
aqueous 2 M HCl solution (20 mL) and 10% (w/v) aqueous K2CO3 solution (30 mL). The
organic layer was separated, dried over anhydrous Na2SO4 and evaporated to afford the
1,3-butanediol diacetate 6 (1.0 g, 5.76 mmol), 80% yield, (88% ee).

4. Conclusions

This enzymatic methodology allows for easy access to the nutraceutical and pharma-
ceutical relevant (R)-3-hydroxybutyl (R)-3-hydroxybutyrate starting from cheap, racemic
reagents. The ethyl 3-hydroxybutyrate was used directly in racemic form while the needed
(R)-1,3-butandiol was obtained by enzymatic kinetic resolution of the corresponding race-
mate. Thanks to the configuration inversion of both the distomers (S)-3-hydroxybutyrate
and (S)-1,3-butandiol, the overall yield of the process has been increased over the classical
50% normally achieved by kinetic resolution-based methodologies.

Supplementary Materials: The following are available online at https://www.mdpi.com/2073-434
4/11/1/140/s1, Figure S1: 1H- and 13C-NMR spectra of compound 4; Figure S2: 1H- and 13C-NMR
spectra of compound 5; Figure S3: 1H- and 13C-NMR spectra of compound 6; Figure S4: 1H- and
13C-NMR spectra of compound 9; Figure S5: Chiral phase GC of (R,R)-4 and (R,R)/(R,S)-4 mixture;
Figure S6: Chiral phase GC of acetylated (R)-2 from (S)-2 inversion; Figure S7: Chiral phase GC of
acetylated (R)-3 from kinetic resolution rac-3; Figure S8: Chiral phase GC of (R)-6 from inversion
of (S)-5.
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Abstract: The search for economic and sustainable sources of polyunsaturated fatty acids (PUFAs)
within the framework of the circular economy is encouraged by their proven beneficial effects on
health. The extraction of monkfish liver oil (MLO) for the synthesis of omega-3 ethyl esters was
performed to evaluate two blending systems and four green solvents in this work. Moreover, the
potential solubility of the MLO in green solvents was studied using the predictive simulation software
COnductor-like Screening MOdel for Realistic Solvents (COSMO-RS). The production of ethyl esters
was performed by one or two-step reactions. Novozym 435, two resting cells (Aspergillus flavus
and Rhizopus oryzae) obtained in our laboratory and a mix of them were used as biocatalysts in a
solvent-free system. The yields for Novozym 435, R. oryzae and A. flavus in the one-step esterification
were 63, 61 and 46%, respectively. The hydrolysis step in the two-step reaction led to 83, 88 and 93%
of free fatty acids (FFA) for Novozym 435, R. oryzae and A. flavus, respectively. However, Novozym
435 showed the highest yield in the esterification step (85%), followed by R. oryzae (65%) and A. flavus
(41%). Moreover, selectivity of polyunsaturated fatty acids of R. oryzae lipase was evidenced as it
slightly esterified docosahexaenoic acid (DHA) in all the esterification reactions tested.

Keywords: omega-3 ethyl esters; monkfish liver oil; COSMO-RS; fungal resting cells; selectivity

1. Introduction

Numerous scientific studies have demonstrated the health benefits of PUFAs, in
particular those known as omega-3 [1]. The main omega-3 fatty acids are α-linolenic acid
(ALA), eicosapentaenoic acid (EPA) and docosahexaenoic acid (DHA). The main health
effects of omega-3 fatty acids isolated and combined as ethyl esters have been described
for cardiovascular diseases (CVD) [2,3]. Beneficial effects have also been described in
diseases such as diabetes [4], immune system problems [5] and cancer [6,7]. Likewise,
positive interactions have even been found in diseases such as autism spectrum disorder
(ASD) [8] and Alzheimer’s [9]. Consequently, omega-3 fatty acid and its ethyl esters
have become important as nutraceutical ingredients in functional food products and in
pharmaceuticals [10,11], among other uses.

The fatty acid content of marine fish, whether oily or white, is high in omega-3
polyunsaturated fatty acids. These acids are synthesized by microalgae, and reach the fish
through the food chain [12]. Fish oil, apart from being used in the food and pharmaceutical
industry, is also used in agriculture and mainly in aquaculture as a feed additive [13]. They
have also been used as a pesticide carrier, in paints and in leather manufacturing [14]. In
addition, the fatty acid esters of simple alcohols are used in a wide variety of applications
such as biodiesel fuel or biodiesel additives, lubricants, metalworking coolants, drilling
and printing fluids, inks and solvents in alkyd resins [15].
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According to the APROMAR report on aquaculture and fisheries in Spain 2019 [16],
the EU consumed 13 million tons of aquatic products in 2018. There are no specific data
on the consumption of monkfish in Spain; however, according to the European fisheries
market report for 2019 [17], more than 50.746 tonnes of monkfish were landed in 2017. The
waste and coproducts that can be obtained from the fishing industry are variable. The data
presented by Erasmus et al. [18] showed that the greatest amount of monkfish waste was
produced on fishing vessels (more than 60%). This species of fish has a large head that
ends up being discarded with the gonads and livers [18,19]. Therefore, these byproducts or
residues can be used as starting materials to prepare new commercial products within the
circular economy concept [20]. Fish viscera accounts for 12 to 18% [19] of a fish and are
considered animal byproducts (ABPs) not intended for human consumption. Although
monkfish liver has an important culinary value in some restaurants as a gourmet dish, it
is usually considered as an ABP and is discarded with the rest of the viscera in the vast
majority of cases [20–22]. The monkfish, a white fish, contains ca. 30% oil, with a fatty acid
profile showing the presence of DHA, EPA, gadoleic acid and oleic acid, among other fatty
acids characteristic of fish oils [23].

Currently, there are various methods to determine the lipid content of biological sam-
ples. Among them, the Folch method (FM) is commonly used to determine the lipid content
in fatty samples in the laboratory [24]. This method takes advantage of the solvent system
consisting of chloroform/methanol in a 2:1 ratio to extract the sample. n-Hexane is another
useful solvent for the extraction of natural products. Its low boiling point, low polarity and
chemical stability make it one of the most used solvents to extract nonpolar compounds
in the food industry. Nevertheless, these solvents are volatile organic compounds (VOCs)
mainly sourced from nonrenewable resources. They are flammable, volatile and toxic, and
are responsible for environmental pollution and the greenhouse effect [25,26]. Furthermore,
these solvents are now strictly regulated by the European Registration, Evaluation, Autho-
rization and Restriction of Chemicals (REACH). Therefore, industries have been forced to
use more environmentally friendly alternatives as green solvents.

Waste fish oils are traditionally extracted by hydraulic pressing or by the use of
heat or solvents [27]. The main disadvantage of these methods, apart from those already
mentioned, is that the quality of the product can be affected. High temperatures used
degrade the thermolabile compounds of the oils, and the use of solvents can have a
negative impact on the final product [27]. Consequently, solvents must be chosen with care
as they are strictly regulated for food activity by various regulations such as the Codex
Alimentarius [28]. In recent years, green extraction methods have been recognized as a
promising alternative to traditional organic solvents. Green extraction methods include
supercritical fluid extraction (SCF-CO2), microwave-assisted extraction (MAE), ultrasound-
assisted extraction (UAE) and enzymatic hydrolysis. They can improve yields, product
quality and omega-3 fatty acid content [27]. Therefore, the search for more environmentally
friendly solvent extraction processes is a priority [29–31].

Tanzi et al. [29] extracted oil from microalgae (rich in mono and polyunsaturated fatty
acids) using terpenes as green solvents (d-limonene, α-pinene and p-cymene) in order to
replace n-hexane. The extracted mass of crude oil was higher using terpenes than n-hexane.
In addition, de Jesus et al. [32] used 2-methyltetrahydrofuran (2-MeTHF) and cyclopentyl
methyl ether (CPME) to extract lipids from microalgae Chlorella pyrenoidosa, yielding up
to 89 mg/g of microalgae biomass. CPME, 2-MeTHF, dimethyl carbonate (DMC) and
limonene (LMN) are considered green solvents and have been used in sustainable and
environmentally friendly extraction processes [33]. Moreover, the extraction capacity of
these solvents can be studied with computer tools, which saves time and resources in
experimentation and maximizes the chances of success. COnductor-like Screening MOdel
for Realistic Solvents (COSMO-RS) is a software that is used worldwide to predict the most
suitable solvents for the extraction of natural products [31,33,34].

Sustainable oil extraction processes are the first step in the exploitation of fish coprod-
ucts. While the application and use of fish oils rich in omega-3 is widespread, it is usually
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more common to use them in the form of esters for their stability [2,10]. Free fatty acids,
mainly PUFAs, are considered more susceptible to oxidation than ethyl esters [35]. As
high degree unsaturated acids, EPA and DHA oxidize very easily, causing undesirable
flavors, which diminish the nutritional quality and safety of food containing them [36].
Ester synthesis can be performed in one-step (transesterification) or two-step (hydrolysis
followed by esterification) reactions. These reactions can be catalyzed by enzymes, which
allow the development of efficient and fast processes. Lipases are widely used in industry
because they have the capacity to catalyze different reactions. Moreover, several scientific
articles have demonstrated the selectivity of some lipases for different fatty acids in both
hydrolysis and esterification reactions. Moreno-Pérez et al. [37] studied the selectivity
of two lipases (Thermomyces lanuginosus (TLL) and Lecitase Ultra, a phospholipase with
lipolytic activity) immobilized in different supports (hydrophobic Sepabeads C18 and a
Duolite anion exchanger) in the synthesis of ethyl esters of omega-3 fatty acids by the
ethanolysis of sardine oil in solvent-free systems. They achieved an increase in the activity
of TLL and Lecitase. Moreover, the Sepabeads support showed high selectivity for EPA
ethyl ester (EPA-EE) synthesis. Castejón et al. [38] studied the enzymatic production of
enriched structured triacylglycerols of EPA and DHA (STAG) from Camelina sativa oil
by two-stage selective hydrolysis-esterification. A noteworthy selectivity of the different
lipases tested towards EPA-EE compared to DHA-EE was found. Zangh et al. [35] also
reported selectivity between DHA and EPA in the production of DHA-rich triacylglycerides
(TAGs) using the commercial enzyme Novozym 435. Ranjan-Moharana et al. [39] described
the use of phospholipase A1 for omega-3 enrichment in anchovy oil.

COSMO-RS software was used in this work to predict the extractive potential of
monkfish liver oil (MLO) of four alternative green solvents (2-MeTHF, CPME, DMC and
LMN). Afterward, the experimental extraction of MLO was carried out to develop a
comprehensive, sustainable and environmentally friendly process. The Folch method (a
mixture of chloroform and methanol) was used as a reference. Moreover, two systems
of agitation were tested (roller mixer and ULTRA-TURRAX®). The recovered MLO was
used to prepare the fatty acid ethyl esters (FAEEs) using three biocatalysts, a commercial
enzyme (Novozym 435) and two resting cells (Rhizopus oryzae and Aspergillus flavus) for 24,
48 and 72 h. In addition, the selectivity of these biocatalysts for the different fatty acids
present in the MLO was studied. In this sense, we developed a process that potentiates the
use of fish coproducts (participating in the circular economy) to synthesize products with
industrial potential, such as the ethyl esters of PUFAs, which are significant for various
applications, such as cosmetics, food pharmacy and others.

2. Results and Discussion

2.1. COSMO-RS Prediction

A COSMO-RS simulation was conducted to determine the relative solubility of the
four main TAGs of MLO in the targeted solvents. 1H-NMR oil analysis was used to
determine that TAGs were the main lipids present in the fish oil and to determine the main
fatty acids present in the oil. GC-FID analysis confirmed that these TAGs were mainly
composed of long carbon chains such as palmitic acid (C16:0), oleic acid (C18:1n9), EPA
(C20:5n3) and DHA (C22:6n3). Therefore, we decided to use the four main fatty acids
in the oil to define four TAG structures: TAG-1(R1 (C16:0); R2 (C22:6n3); R3 (C16:0));
TAG-2 (R1 (C18:1n9); R2 (C20:5n3); R3 (C16:0)); TAG-3 (R1 (C18:1n9); R2 (C22:6n3); R3
(C18:1n9)); TAG-4 (R1 (C22:6n3); R2 (C22:6n3); R3 (C22:6n3)) as models for COSMO-RS
analysis (Figure 1). These main components were modeled with ChemSketch software and
used for the predictive study. COSMO-RS integrates a quantum chemistry approach that
allows the calculation of several properties, such as the relative solubility of a compound
in several solvents. This means that the analysis of the σ profile and the σ potential of the
components of the mixture (TAGs and solvents) provides important information about the
molecules that can be used to predict possible interactions in the fluid phase.
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Figure 1. Model of α-surfaces by COSMO-RS of compounds and solvents used in the theoretical
study. Compounds (TGAs): TAG-1 (R1 (C16:0); R2 (C22:6n3); R3 (C16:0)); TAG-2 (R1 (C18:1n9);
R2 (C20:5n3); R3 (C16:0)); TAG-3 (R1 (C18:1n9); R2 (C22:6n3); R3 (C18:1n9)); TAG-4 (R1 (C22:6n3);
R2 (C22:6n3); R3 (C22:6n3)). Green solvents (green color): 2-methyltetrahydrofuran (2-MeTHF),
cyclopentyl methyl ether (CPME), dimethyl carbonate (DMC) and limonene (LMN). Reference
solvent (red color): Folch reagent (FR), chloroform/methanol (2:1, v/v).

Table 1 shows the solubility of the model TAGs from MLO in the solvents used in
this study. The solubility is expressed in log10(x_solub) (best solubility is set to 0, and all
solvents are given relative to the best solvent) and percentage of probability of solubility
for a better understanding of the results. The solvent used as a reference was the Folch
reagent (FR), a mixture of chloroform and methanol (2:1, v/v), considered to be the most
reliable method for full recovery of total lipids [40]. Three of the green solvents tested,
2-MeTHF, CPME and LMN, showed a higher probability of solubility (60–100%) than the
reference solvent for TAG-1 to TAG-3 and TAG-4 was similar. Even though DMC presented
a low probability of solubility (0–20%) for three of the four model TAGs, this green solvent
showed better solubility percentage than the FR. Finally, taking into consideration the
theoretical results obtained by the COSMO-RS computational predictive method, we
decided to perform the experimental study using the four green solvents with the potential
to replace the FR solvent in the extraction of lipids (2-MeTHF, CPME, DMC and LMN).

2.2. Monkfish Liver Oil (MLO) Extraction

The solid-liquid extraction of oil from fresh monkfish liver using five different solvents
was performed by maceration using a roller mixer and an ULTRA-TURRAX® system.
Folch reagent [24] was used until exhaustion (until no color was observed in the solvent)
to determine the maximum content of oil in the liver. A percentage of 39.0% w/w was the
maximum content of oil in the fresh material, with 49.8% moisture content. This was the
first determination of the oil content in monkfish liver as far as we know. This value was
higher than the percentage reported for tuna liver, with an oil yield of 17.5% [41], or from
salmon byproducts (head, frame and viscera), with an oil content ranging from 13.09 to
19.2% [42]. Ciriminna et al. [43] reported 1.5% of oil content from anchovy heads.
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Table 1. COSMO-RS relative solubility (log10(x_solub)) and probability of solubility of triacylglycerides (TAGs) from
monkfish liver oil using four different green solvents and Folch reagent (FR) as a reference solvent.

Solvent

TAG 1 TAG 2 TAG 3 TAG 4

Log10
(x_solub)

Probability
(%)

Log10
(x_solub)

Probability
(%)

Log10
(x_solub)

Probability
(%)

Log10
(x_solub)

Probability
(%)

2-MeTHF 0.0000 100.00 0.0000 100.00 0.0000 100.00 0.0000 100.00
CPME 0.0000 100.00 0.0000 100.00 0.0000 100.00 0.0000 100.00
DMC −0.9721 10.66 −0.8726 13.41 −0.6799 20.90 0.0000 100.00
LMN 0.0000 100.00 0.0000 100.00 0.0000 100.00 0.0000 100.00

FR −1.7547 1.76 −1.5751 2.66 −1.4406 3.63 0.0000 100.00
Green color: high probability of solubility (60–100%). Yellow color: medium probability of solubility (20–60%). Red color: low probability
of solubility (0–20%). Compounds (triacylglycerides): TAG-1 (R1 (C16:0); R2 (C22:6n3); R3 (C16:0)); TAG-2 (R1 (C18:1n9); R2 (C20:5n3);
R3 (C16:0)); TAG-3 (R1 (C18:1n9); R2 (C22:6n3); R3 (C18:1n9)); TAG-4 (R1 (C22:6n3); R2 (C22:6n3), R3 (C22:6n3)). Green solvents: 2-
methyltetrahydrofuran (2-MeTHF), cyclopentyl methyl ether (CPME), dimethyl carbonate (DMC) and limonene (LMN). Reference solvent:
Folch reagent (FR), chloroform/methanol (2:1, v/v).

2.2.1. Extraction in the Two Systems: Roller Mixer (RM) and ULTRA-TURRAX® (UT)

The MLO extraction was carried out following Scheme 1. Two types of agitation (RM
and UT) with different extraction times were used. Different solvents were also used (FR
or green solvents).

Scheme 1. General procedure to the extraction of monkfish liver oil using two systems; Roller Mixer (RM) and ULTRA-
TURRAX® (UT).

Table 2 summarizes the extraction yields obtained with the different solvents and the
two agitation systems. The green solvents used correspond to an ester (DMC), two ethers
(2-MeTHF and CPME) and a terpene (LMN). The extraction capacity of these green solvents
was compared with the extraction capacity of a conventional extraction method (Folch
reagent (FR)), which used a mixture of two traditional solvents (chloroform-methanol) in
a 1:2 v/v ratio. Extraction yields were higher when the RM was used. All green solvents
showed extraction yields between 96 and 100% of the maximum oil content in monkfish liver
using RM. These extraction yields were higher than those by the FR solvent (89%). Authors
such as Fang et al. [41] reported the importance of agitation in their tuna oil extraction
experiments. No differences were observed on the NMR spectra of the MLO samples
extracted with different solvents and stirring methods (RM or UT) (Figures S1 and S2).
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Table 2. Monkfish liver oil extraction with four green solvents and a conventional solvent (reference solvent) using two
blending systems (mean ± standard deviations, n = 2).

Solvent

Roller Mixer ULTRA-TURRAX® System

Oil Yield (OY) (g Per
100 g FM)

OY Compared to
Maximum Oil

Content (%)

Oil Yield (OY) (g Per
100 g FM)

OY Compared to
Maximum Oil

Content (%)

Reference (FR) 39.0 100 39.0 100
2-MeTHF 39.0 ± 0.9 100 ± 3.0 33.9 ± 1.5 87.0 ± 2.2

CPME 39.0 ± 2.4 100 ± 0.7 39.0 ± 0.3 100 ± 2.2
DMC 38.6 ± 1.9 99.0 ± 0.4 29.3 ± 0.2 75.0 ± 5.0
LMN 37.4 ± 1.7 96.0 ± 6.7 32.0 ± 2.6 82.0 ± 4.3

FR 34.5 ± 1.5 89.0 ± 1.5 29.1 ± 1.5 75.0 ± 1.4

FM, fresh material; Reference (FR), maximum oil content in monkfish liver; solvents (2-methyltetrahydrofuran (2-MeTHF), cyclopentyl
methyl ether (CPME), dimethyl carbonate (DMC), limonene (LMN) and Folch reagent (FR)).

This system is operated at 4000 rpm. CPME and 2-MeTHF extract the highest quantity
of fish oil in the two extraction systems evaluated, which coincide with the COSMO-RS
prediction. In the theoretical study, DMC shows a lower probability of oil solubility; how-
ever, in the experimental extraction, it shows better results than expected, e.g., 99% in RM.
LMN presents worse extraction yields than those predicted by COSMO-RS. Nevertheless,
this lower percentage of extraction could be a consequence of the harsh conditions used to
recover the oil from the solution (90 ◦C/0.3 mbar), which could help the evaporation of
part of the more volatile compounds present in the fish oil.

Considering the results obtained using the RM system, it can be said that the evaluated
green solvents could be interesting alternatives to replace conventional solvents such as
hexane, chloroform and methanol to develop more environmentally friendly extractive
processes for oil samples [26,30]. It is particularly important to consider the ideal solvent
and the best agitation method to choose the best extraction method of the MLO. An ideal
alternative solvent must fulfill the following requirements: (a) it is not considered a VOC;
(b) it has low toxicity for humans; (c) it has a limited impact on the environment (is eco-
friendly); (d) it is obtained from renewable resources; (e) it has a high dissolving power; (f)
it is easy to recover; (g) it does not change the setup process significantly [33].

In this sense, the information published in several solvent guides [25,44–47] was con-
sidered in this work. Various characteristics and properties of the solvents were evaluated
according to the criteria of risk, life cycle, cost, production sources and MLO extraction
performance (see Table S1) [44–47].

Considering the above information, the most appropriate solvent for MLO extraction
is be 2-MeTHF. This solvent is derived from renewable resources such as corncobs and
bagasse [25] and yields up to 100% with the RM extraction method. It is one of the
cheapest green solvents (only beaten by LMN), and its score with respect to possible risks
is acceptable (ranging from 4 to 6, except for an environmental air risk of 8).

Another interesting solvent is CPME, which provides excellent extraction yields and
has a similar risk score to 2-MeTHF. However, this solvent is a byproduct of the synthesis
of artificial caucho from crude oil. Moreover, it is the most expensive of all solvents studied.
DMC is a solvent that presents high extraction yields with RM agitation and low risks to
health and the environment (score between 1 and 5). However, its low extraction yields
with UT, price (the second-highest) and the fact that it is prepared by chemical synthesis
from methane gas eliminates it from consideration as an ideal solvent. LMN is acceptable in
terms of risk assessment as this solvent has a similar score to CPME. However, according to
its properties and what has been corroborated in experimentation, it is difficult to evaporate
and presents the lowest extraction yields. Therefore, it is not considered a suitable solvent
for MLO extraction in this work [25,44–47].
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2.2.2. Analysis of the Extracted Oil

The extracted MLO was analyzed by 1H-NMR and GC-FID (Table 3). The 1H-NMR
spectrum of MLO showed signals between 0.99 and 1.1 ppm, corresponding to omega-3
fatty acids (Figures S1 and S2). In addition, other signals corresponding to PUFA, MUFA
and saturated fatty acids (SFAs) were also observed. These signals coincided with the
signals reported by Catrin et al. and Bratu et al. [48,49], who determined the presence
of omega-3 fatty acids in fish oil. Specific signals of DHA at 2.4 ppm corresponding
to hydrogen linked to both α-carbon (=C–C–CH2–COOR) and allyl-carbon (=C–CH2–C–
COOR) were also observed (Figure S3) [50].

Table 3. Fatty acid profile (%) of monkfish liver oil (n = 3).

Common Name. Common Symbol FA (%w/w)

Saturate Fatty Acid (SFAs)
Hendecanoic C10:0 0.2 ± 0.3

Lauric C12:0 0.3 ± 0.4
Myristic C14:0 1.9 ± 3.3
Palmitic C16:0 15.6 ± 0.8
Margaric C17:0 1.1 ± 0.1

Stearic C18:0 4.2 ± 0.1
Arachidic C20:0 1.3 ± 0.2
Behemic C22:0 3.5 ± 0.5

Tetracosenoic C24:0 1.7 ± 0.2

Monosaturated Fatty Acids (MUFAs)
Myristoleic C14:1n5 0.7 ± 0.4

cis-10-Pentadecenoic C15:1n5 0.5 ± 0.3
Palmitelaidic C16:1n7t 0.4 ± 0.0
Palmitoleic C16:1n7c 7.1 ± 0.2

cis-10-Heptadecenoic C17:1n7 0.4 ± 0.1
Elaidic C18:1n9t 1.1 ± 0.1
Oleic C18:1n9c 21.1 ± 0.5

Vaccenic C18:1n7 5.4 ± 0.3
Gadoleic C20:1n9 3.9 ± 0.8

Erucic C22:1n9 0.7 ± 0.1
Nervonic C24:1n9 0.8 ± 0.0

Σ MUFAs 43.7

Polyunsaturated Fatty Acids (PUFAs)
all cis-9,12-Hexadecatrienoic C16:2n4 0.5 ± 0.1

all cis-6,9,12-Hexadecatrienoic C16:3n4 0.2 ± 0.1
Linoelaidic C18:2n6t 0.3 ± 0.1

Linoleic C18:2n6c 1.0 ± 0.1
α-Linoleic C18:3 n3 0.2 ± 0.1
γ-Linolenic C18:3n6 0.4 ± 0.0
Stearidonic C18:4n3 0.6 ± 0.1

cis-11,14-Eicosadienoic C20:2n6 0.5 ± 0.1
cis-11,14,17-Eicosatrienoic C20:3n3 0.4 ± 0.1

all cis-8,11,14-Eicosatrienoic C20:3n6 0.1 ± 0.1
Arachidonic C20:4n6 1.1 ± 0.1
Juniperonic C20:4n3 0.6 ± 0.1

Eicosapentaenoic (EPA) C20:5n3 4.4 ± 0.3
cis-13,16-Docosadienoic C22:2n6 0.2 ± 0.1

Adrenic C22:4n6 0.3 ± 0.0
Clupadonic C22:5n3 0.5 ± 0.0

Docosahexaenoic (DHA) C22:6n3 15.2 ± 0.2
Σ PUFAs 26.5

The fatty acid profile of the extracted oils was determined by GC-FID (Table S1 and
Figure S4). MLO contained 29.8% SFAs, 43.7% monounsaturated fatty acids (MUFAs)
and 26.5% PUFAs. Oleic acid was the main fatty acid with 21.1% of the total, and has
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been found to have similar beneficial effects on human health as omega-3 fatty acids [51].
Furthermore, the presence of 5.4% of vaccenic acid, an omega-7 isomer of the oleic acid, was
determined worthy of consideration due to its association with a low risk of cardiovascular
disease [52,53]. Other MUFAs present were gadoleic acid (C20:1n9), characteristic in fish
oils, and erucic acid (C22:1n9), which has also been found in fish liver [41,54]. DHA and
EPA were the main PUFAs in monkfish oil, with 15.2 and 4.4% of the total, respectively. The
oil content of 39% w/w of fresh monkfish liver and its composition confirms the potential
that this byproduct can be used as a raw material to obtain products with high added value.

2.3. Enzymatic Preparation of Fatty Acid Ethyl Esters (FAEEs)

Two procedures were performed for the production of FAEEs using MLO and ethanol:
(a) a one-step procedure based on a transesterification reaction (Figure 2), and (b) a two-
step procedure based on sequential hydrolysis and esterification reactions (Figure 3). A
commercial enzyme (Novozym 435), two resting cells (R. oryzae and A. flavus) and two
mixtures of these resting cells (1:1 and 7:3 R. oryzae-A. flavus) were used as biocatalysts in a
solvent-free medium.
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Figure 2. Schematic reaction diagram of the synthesis of ethyl esters in the one-step transesterification reaction.
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2.3.1. One-Step Synthesis: Transesterification Reactions

The results of the one-step (transesterification) and two-step reactions (hydrolysis and
esterification) are shown in Table 4. The commercial enzyme showed the highest yield in the
transesterification reaction. Yields were 44%, 61% and 63% for 24, 48 and 72 h, respectively.
Transesterification yield with R. oryzae was the highest (53%) for 24 h, although the yield
for 72 h was slightly lower (61%) than the yield achieved with Novozym (63%). A. flavus
showed the lowest yields (46% for 72 h). Therefore, the resting cells from A. flavus should not
be considered an alternative to the commercial enzyme for this transesterification reaction.
Moreover, two mixtures of the fungal resting cells (1:1 and 7:3 R. oryzae-A. flavus) were used for
the transesterification reaction. Only the 7:3 mixture led to a 57% yield after 72 h of reaction, a
lower yield than that achieved using only R. oryzae. Considering these low yields, the fatty
acid ethyl esters profiles of these reactions were not determined.

Table 4. Yields (%) of the different reactions performed to prepare monkfish liver oil ethyl esters. (mean ± standard
deviations, n = 3).

Biocatalyst
One-Step Two-Step

Transesterification (%)
Hydrolysis

(%)
Esterification (%)

24 h 48 h 72 h 24 h 24 h 48 h 72 h

Novozym 435 44.0 ± 2.8 61.0 ± 1.5 63.0 ± 0.4 83.1 ± 3.3 54.0 ± 0.5 70.0 ± 3.1 85.0 ± 1.4
R. oryzae 53.0 ± 4.1 54.0 ± 5.0 61.0 ± 2.3 88.1 ± 1.7 42.0 ± 2.7 55.0 ± 1.7 65.0 ± 4.0
A. flavus 32.0 ± 2.7 38.0 ± 3.4 46.0 ± 0.6 93.2 ± 0.0 37.0 ± 5.1 39.0 ± 3.1 41.0 ± 2.0

R. oryzae-A. flavus (1:1) 34.0 ± 4.5 38.0 ± 3.6 45.0 ±1.7 87.9 ± 5.6 32.0 ± 3.2 37.0 ± 4.5 37.0 ± 4.5
R. oryzae-A. flavus (7:3) 38.0 ± 4.2 45.0 ± 1.7 57.0 ± 4.2 95.7 ± 0.3 41.0 ± 0.6 34.0 ± 4.7 42.0 ± 1.4

The main FAEEs obtained in the one-step reaction studied using the three biocatalysts
are shown in Figure 4. The commercial enzyme and the fungal resting cells led to different
fatty acid ethyl esters contents. The results corresponding to the percentage of each fatty
acid is always referred to as the initial content of the corresponding fatty acid in the MLO.
Thus, taking into account the total content of each fatty acid in the MLO (Table 3), and
specifically the PUFAs (DHA, 15.2% and EPA, 4.4%), we can conclude that the commercial
enzyme esterified 90% of DHA and 100% of EPA. This result shows that this enzyme does
not discriminate between the different fatty acids to synthesize the FAEEs. Similar results
have previously been described for this commercial enzyme [38,39], which indicates that it
is a suitable biocatalyst for the synthesis of these omega-3 EEs. In contrast, the resting cells
showed the lowest yields for the esterification of PUFAs, mainly DHA. A. flavus showed
the highest yield of DHA-EE (38%) of the two resting cells studied; R. oryzae only esterified
22% of DHA present in the fish oil after a 72 h reaction; no differences were observed for
the esterification of EPA. This finding suggested that lipases from R. oryzae discriminated
between the different PUFAs present in the MLO. The selectivity of enzymes has been
reported by different authors who suggested that some lipases could be selective for certain
types of fatty acid depending on their chain length, the solvent used in its extraction and
purification, the method of immobilization used for the enzyme and the reaction conditions
(temperature and time) [54–57]. The selectivity showed by the resting cells from R. oryzae
could facilitate the separation of the DHA from the mixture of FAEEs.

2.3.2. Two-Step Synthesis: Hydrolysis and Esterification Reactions

Hydrolysis, the first step of this study, was carried out using the three previous
biocatalysts and two mixtures of the two resting cells (1:1 and 7:3) for 24 h (Figure 3A). The
resting cells of R. oryzae mixed with A. flavus in a 7:3 ratio showed the highest percentage of
hydrolysis (>95% free fatty acid (FFA)). The second biocatalyst presenting a high hydrolysis
percentage was the resting cells of A. flavus (>93% FFA) (Figure 5). All resting cells studied
showed a higher percentage of hydrolysis than the commercial lipase (83%), indicating
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that the resting cells could be a cheap alternative to immobilized commercial biocatalysts
for these reactions. These hydrolysis percentages can be considered high when compared
to those reported by Aranthya et al. [58] for the hydrolysis of fish oil with the enzymes
of Cryptococcus sp., which yielded 25 and 66.5% of FFA for 24 and 72 h, respectively.
Furthermore, it is worth noting that MLO contains more DHA than hydrolyzed cod,
sardine, salmon and shark liver oils [58]. A scaling up of the hydrolytic process was
carried out using the best reaction conditions achieved in the previous experiment. Starting
from 25 g of fish oil, a mixture of R. oryzae and A. flavus (7:3) allowed the preparation of
hydrolyzed monkfish liver oil (HMLO) with 97.8% FFA.

 

Figure 4. Effect of the biocatalyst on the profile of the main fatty acid ethyl esters obtained in reaction 72 h. OIL: total
content of the corresponding ethyl ester in the monkfish liver oil.

Figure 5. Hydrolysis percentage of monkfish liver oil obtained with the different enzymes (mean ±
standard deviations, n = 3, reaction 24 h). Ro, R. oryzae; Af, A. flavus; N435, Novozym 435.
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The esterification reaction (Figure 3B) was performed using the hydrolyzed monkfish
liver oil (HMLO) obtained in the previous experiment. In these experiments, the same pos-
itive correlation was found between reaction times and esterification performance as in the
transesterification. The commercial enzyme showed the highest yield in the esterification
reaction. Yields were 54, 70 and 85% for 24, 48 and 72 h, respectively. Esterification yield
with R. oryzae was 65% for 72 h. A. flavus again showed the lowest yields (41% for 72 h).
These results confirm that A. flavus resting cells are not very active in the esterification of
the fatty acids from monkfish oil. Regarding the mixtures of the fungal resting cells, the
yields were lower than the ones achieved with R. oryzae as in the transesterification reaction
(see Table 4).

In relation to the FAEEs profiles (Figure 6), the results were similar to those shown in
the one-step reactions. There was an enrichment of MUFAs such as oleic acid, gadoleic acid
and vaccenic acid, which have been found beneficial to health [51]. Vaccenic acid, a source
of omega-7, has been positively correlated with the presence of DHA and EPA [52,53].
The increase of palmitic acid and stearic acid observed in the assays could be due to
the fatty acids present in the sunflower oil used in the production of the resting cells as
lipase inductors. The microorganisms themselves can also synthesize different fatty acids,
Aspergillus sp. produces long-chain fatty acids (C16:0, C16:1n7, C17:0, C18:0, C18:1n9,
C18:2, C18:3 and C20:0). This fatty acid profile has been used to discriminate fungal species
belonging to the Aspergillus genus [59]. In addition, the presence of some fatty acids,
such as gadoleic acid (C20:1n9), may depend on the type of substrate used in the culture
medium [60]. Nevertheless, the increase of these fatty acids in the final crude of the reaction
cannot be higher than 4% considering the percentage of biocatalysts used (10%) and the
percentage of fatty acids present in the resting cells (40%).

 

Figure 6. Effect of the biocatalyst on the percentage of the main ethyl esters obtained in a 72 h two-step reaction. Hydrolyzed
monkfish liver oil (HMLO) corresponds to the total content of the corresponding ethyl ester in the hydrolyzed monkfish
liver oil.

EPA behaved similarly to one-step reactions, in which the commercial enzyme esteri-
fied up to 100% of EPA contained in HMLO, R. oryzae esterified 70% and A. flavus esterified
60%. For DHA, Novozym 435 esterified up to 90% of the DHA contained in HMLO, while
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the fungal resting cells did not exceed 20%. A. flavus lipase esterified up to 19% of the DHA
content, while R. oryzae lipase esterified up to 16%. These low yields seem to confirm the
hypothesis of DHA selectivity shown by R. oryzae. Due to the selectivity of R. oryzae lipase,
DHA should be found as free fatty acid within the esterified material. The possibility of
isolating these free fatty acids is also interesting as it has been shown that PUFAs ingested
in the form of free fatty acids may be more bioavailable than FAEEs and therefore more
assimilable in human metabolism [61].

To confirm the above-mentioned hypothesis and that DHA was present as an acid in
the esterified fraction, these samples were subjected to total esterification through chemical
catalysis (a derivatization process) using H2SO4. Figure 7 compares the DHA-EE obtained
in the one and two-step reactions at different times (24, 48 and 72 h) using R. oryzae or
applying chemical catalysis.

 

Figure 7. Percentage of docosahexaenoic acid (DHA) before and after total chemical esterification for
24, 48 and 72 h using R. oryzae lipase and chemical catalysis. (a) Blue color: ester obtained before
chemical catalysis from one-step esterification with R. oryzae. (b) Orange color: ester obtained after
applying chemical catalysis to the crude resulting from one-step transesterification. (c) Grey color:
ester obtained before catalysis from two-step esterification. (d) Yellow color: ester obtained after
applying chemical catalysis to the crude resulting from the two-step esterification. (e) Red dotted
line: total DHA content in the MLO.

As expected, chemical catalysis achieved more than 90% esterification of the DHA
contained in both monkfish liver oil and the hydrolyzed monkfish liver oil. In the three
reaction periods studied, it was evidenced that the lipases from R. oryzae were able to
effectively discriminate between the DHA and the rest of the fatty acids present in MLO
and HMLO. In the HMLO, the DHA indicated it was present as free acid since a 97.8%
hydrolysis was achieved.

The selectivity demonstrated by the resting cells of this strain of R. oryzae has not
previously been reported to our knowledge. However, Ashjaria et al. [62] did study the
selectivity of lipases isolated from R. oryzae and immobilized by different methods in the
hydrolysis of fish oil. All immobilized biocatalysts discriminated between EPA and DHA
in favor of EPA.

3. Materials and Methods

3.1. Reagents and Solvents

Chloroform (purity 99%), 2-methyltetrahydrofuran, deuterated chloroform (99.9 atom
% D), anhydrous sodium sulfate (Na2SO4), oleic acid (purity 90%), potassium hydrogen
phosphate (K2HPO4) and magnesium sulfate (MgSO4) were purchased from Sigma-Aldrich
(Sigma-Aldrich Química SA, Madrid, Spain and St. Louis, MO, USA). Cyclopentyl methyl
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ether (purity 99%) was from ZEON Corporation (Tokyo, Japan). Dimethyl carbonate (purity
99%), hexane (HPLC grade) and limonene (96%) were purchased from Acros Organics
(Fair Lawn, NJ, USA). Ethanol absolute was purchased from Scharlau (Scharlab, Barcelona,
Spain). Methanol was purchased from Fisher Scientific (Madrid, Spain). The culture media
agar potato dextrosa (PDA) and yeast extract (EY) were provided by Scharlau Microbiology
(Scharlab, Barcelona, Spain). Lipase-B from Candida antarctica (Novozym 435) was a gift
sample from Novozymes A/S (Bagsvaerd, Denmark). The Rhizopus oryzae (CECT20476)
and Aspergillus flavus (CECT20475.2.1) strains were housed in the Spanish Type Culture
Collection (CECT) (Burjassot, Valencia, Spain). Monkfish liver was supplied by Congelados
y Especialidades Barrufet SL (Barcelona, Spain), and sunflower oil was bought at the market.

3.2. Computational Method

This study was performed by a theoretical procedure using a computational predictive
method (COSMO-RS) by considering the technical properties of the solvents and via
experimentation. The comparison was made considering the amount of monkfish liver oil
extracted and the technical parameters of the solvents used.

COSMO-RS Procedure

The Conductor-like Screening Model for Real Solvents (COSMO-RS) developed by
Klamt and coworkers [63] is as known as a powerful method for molecular description and
solvent screening based on the result of quantum chemical calculations for an understand-
ing of the dissolving mechanism. COSMO-RS combines quantum chemical considerations
(COSMO) and statistical thermodynamics (RS) to determine and predict thermodynamic
properties without experimental data. In the first step, the molecule is embedded into a
virtual conductor. In such an environment, the molecule induces a polarization charge
density on its surface (σ-surface). Calculation can then be performed for each molecule of
interest (Figure 1). The second step uses the statistical thermodynamic calculation. Blue is
used to represent strongly positive polar regions, and red represents very negative polar
surfaces. Green and yellow correspond to lower polarities. The thermodynamics of the
molecular interactions that are based on the obtained σ-profile are then used to calculate
the chemical potential of the surface segment (σ-potential) [26,31,35]. According to the
composition of the monkfish liver oil determined by 1H-RMN and GC-FID, we decided
to use four different models of TAG as models in the COSMO-RS analysis using the four
main fatty acids from the oil.

In this work, the prediction of the relative solubility of the main triacylglycerides from
monkfish liver oil in four green solvents 2-MeTHF, CPME, DMC and LMN, as well as FR,
that is, a mixture of chloroform and methyl alcohol (2:1, v/v) was made by implementing
this COSMO-RS model in COSMOtherm software (BIOVIA COSMOthermX19; Dassault
Systèmes, France). The chemical structures of the solvents and solutes were mutually
transformed into their simplified molecular-input line entry syntax (SMILES) notations,
which were subsequently used to calculate the solubility parameters of solvents and
compounds. The relative solubility was calculated using the following equation [63,64].

log10
(

xj
)
= log10

[
exp

((
μ

pure
j − μSolvent

j − ΔGj, f usion

)
/RT

)]
(1)

μ
pure
j : chemical potential of pure compound j (J/mol); μSolvent

j : chemical potential of j
at infinite dilution (J/mol); ΔGj, f usion: free energy of fusion of j (J/mol); xj: solubility of j
(g/g solvent); R: gas constant; T: temperature (K).

Relative solubility is always calculated in infinite dilution. The logarithm of the
best solubility is set to 0 and all other solvents are given relative to the best solvent. A
solvent with a log10 (x_j) value of −1.00 yields a solubility that is decreased by a factor
of 10 compared to the best solvent. Additionally, the logarithm is transformed into the
probability of solubility and expressed in a percentage.
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3.3. Monkfish Liver Oil Extraction
3.3.1. Extraction in a Roller Mixer

The monkfish liver oil was extracted by solid-liquid extraction with FR (chloroform-
methanol 2:1 v/v) as a reference solvent and using the four green solvents (2-MeTHF, DMC,
CPME and LMN). An amount of 20 g of monkfish liver previously defrosted and ground
was extracted with 100 mL of each solvent at a ratio of 1:5 w/v. The mixture was stirred at
60 rpm for 30 min in a roller mixer. The sample was filtered through paper, and the solid
residue was washed two times with fresh solvent. Solvents were then joined, a solution of
1% v/v of NaCl was added to the extract obtained with FR, and the mixture was shaken
vigorously and left to stand for 2 h. The organic phase was recovered and dried with
anhydrous sodium sulfate. It was filtered and the solid was washed with chloroform. Final
solutions were evaporated under vacuum in a rotary evaporator. Samples were dried
under vacuum for 2 h and were finally stored at −20 ◦C until analyzed (see Scheme 1). All
experiments were carried out in triplicates.

To perform a better comparison of the amount of monkfish liver oil obtained by every
solvent, we determined the maximum content of oil in the monkfish liver by extracting
one sample five times with the FR (until no color was observed in the solvent). Solvents
were joined and processed as indicated above.

3.3.2. Extraction in an ULTRA-TURRAX® System

An amount of 2 g of ground monkfish liver, 2 g of ceramics balls and 10 mL of the
solvents (green solvents or FR) were added to the ULTRA-TURRAX system. The mixture
was mechanically stirred at 4000 rpm for 15 min at room temperature. The mixture was
then filtered and centrifuged at 5000 rpm for 5 min to separate the supernatant. The organic
phase was recovered and dried with anhydrous sodium sulfate. The mixture was filtered
and then the solvent was evaporated in a rotary evaporator and the oil was dried under
vacuum. The samples were stored at −20 ◦C until analysis. All experiments were carried
out in triplicate (see Scheme 1).

3.3.3. Preparation of Resting Cells

R. oryzae and A. flavus cells were grown in a synthetic liquid medium containing 2 g
of asparagine, 1 g of K2HPO4, 0.5 g of MgSO4, 5 mg of thiamine hydrochloride, 1.45 mg
of Fe (NO3)3·9H2O, 0.88 mg of ZnSO4·7H2O and 0.235 mg of MnSO4·H2O per litter of
distilled water. The initial pH of the medium was adjusted to pH 6.0. Next, 250 mL aliquots
of the medium were sterilized at 121 ◦C for 15 min, and 1% (v/v) of refined sunflower
oil was added aseptically. The medium was inoculated with 2.5 mL of a R. oryzae and
A. flavus spore suspension (1–4 × 106 spores/mL) and then incubated at 28 ◦C for 5 d
using an orbital shaker at 200 rpm. Mycelium was harvested from the culture medium
using a Büchner funnel and washed with distilled water followed by acetone. It was
then dried under vacuum for 18 h and ground to a powder. The R. oryzae (CECT20476)
and A. flavus (CECT20475.2.1) strains were housed in the Spanish Type Culture Collection
(CECT). The enzymatic units (U) were determined beforehand on the basis of the enzymatic
esterification rate of ethyl oleate from oleic acid and ethanol. The specific activity of the
resting cells of R. oryzae was 1.14 U and A. flavus was 0.57 U.

3.4. Enzymatic Preparation of Ethyl Esters
3.4.1. One-Step Synthesis: Transesterification Reaction

A 1:3.2 mixture of monkfish liver oil (0.453 g; 0.5 mmol) and ethanol (0.0736 g;
1.6 mmol) was added to a reaction vial (5 mL) fitted with a PTFE-lined cap that contained
0.045 g of each biocatalyst (10% w/w based on the weight of monkfish liver oil), a commer-
cial enzyme (Novozym 435) or resting cells (R. oryzae and A. flavus), or their mixtures (1:1
and 7:3, R. oryzae-A. flavus), respectively (see Figure 2). The mixture was stirred (220 rpm)
continuously at atmospheric pressure and 28 ◦C. Reaction progress was evaluated for 24,
48 and 74 h. Samples were collected, filtered and the solvent was evaporated. An aliquot of
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20 mg of the crude material of the reaction was dissolved in deuterated chloroform and the
resulting solution was analyzed by NMR [65–69] and GC-FID. Experiments were carried
out in triplicate.

3.4.2. Two-Step Synthesis: Hydrolysis and Esterification Reactions

In the first step, biocatalytic hydrolysis reactions (see Figure 3) were performed using
the commercial enzyme, the two resting cells and their mixtures (1:1 and 7:3, R. oryzae/A.
flavus). A mixture of monkfish liver oil (0.453 g; 0.5 mmol), biocatalyst (0.045 g; 10% w/w
based on the weight of monkfish liver oil) and water (0.453 g; 25 mmol) was stirred (220
rpm) at 28 ◦C for 24 h. The sample was filtrated, centrifuged and the supernatant was
collected. The resulting hydrolysate material was analyzed by NMR and GC-FID, with
this process determining which of the tests offered the best results in terms of percentage
of free fatty acids. With the better biocatalyst, the hydrolysis was scaled up to obtain a
minimum of 30 mL of hydrolysate, with which the esterification studies were carried out.
The hydrolysate material was analyzed by NMR and GC-FID to determine the hydrolysis
degree and the fatty acids profile. In the second step, the hydrolyzed oil was used to
perform the esterification reactions using the same biocatalysts indicated above. A mixture
of hydrolyzed monkfish liver oil (0.300 g; 1 mmol), biocatalyst (0.03 g, 10% w/w based on
the weight of hydrolyzed monkfish liver oil) and ethanol (0.147 g; 3.2 mmol) were stirred
(220 rpm) at 28 ◦C. The esterification reactions were conducted for 24, 48 or 72 h. The
reaction products were analyzed by NMR [65–69] and GC-FID. All the experiments were
carried out in triplicate.

3.5. Analytical Methods

Preliminary analysis of monkfish liver oil, hydrolyzed oil and ethyl esters were carried
out by 1H NMR. Spectra were recorded with a MERCURYplus NMR Spectrometer Sys-
tems VARIAN 400 MHz magnet using deuterated chloroform (99.9 atom % D) as solvent.
The fatty acid profiles of the initial oil (as methyl and ethyl esters) and the ethyl esters
after synthesis reactions were analyzed using an Agilent 6890 series gas chromatograph
(Barcelona, Spain) coupled to a flame ionization detector (FID). The chromatographic
column was a 30 m × 0.25 mm fused silica capillary coated with a 0.25 μm film thickness
(50%-cyanopropyl)-methylpolysiloxane (DB-23; Agilent J&W, Madrid, Spain). The tem-
perature program used was 180 ◦C for 1 min, followed by an increase of 20 ◦C per minute
until the final temperature of 270 ◦C was reached, which was then maintained for 20 min.
A splitless mode of 20 mL/min was applied for 9 s. Hydrogen was used as carrier gas at a
constant pressure. The injection volume was 1 μL. The injection system was maintained at
270 ◦C and the FID at 280 ◦C.

4. Conclusions

During this study, different methods for MLO extraction were studied, using a tra-
ditional solvent (FR) and green solvents (2-MeTHF, CPME, DMC and LMN). In addition,
two agitation systems (Roller Mixer and Ultra Turrax®) were studied. The roller mixer
was the best agitation system, obtaining higher extraction percentages with all the solvents
studied. All the green solvents tested showed extraction yields greater than or equal to the
FR single extraction with both agitation systems. Analysis of the tested solvents (taking
into account the properties of the solvents, costs, toxicity and safety use, risks to human
health, environmental risks, percentage of extraction and resources) showed that 2-MeTHF
was the best option for MLO extraction under the studied parameters. The lipidic profile
of the MLO illustrated that it could be considered as a suitable source for obtaining PUFAs
and DHA.

The results obtained in the esterification trials showed that the percentages of MLO
esters in one-step transesterification were 63, 61 and 46% using Novozym 435, R. oryzae
lipase and A. flavus lipase, respectively. In the two-step reactions, yields were 85, 65 and
41% using the commercial enzyme, R. oryzae and A. flavus, respectively. Consequently, the
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latter was definitely not a good biocatalyst for these reactions. Moreover, R. oryzae resting
cells (CECT20476) showed the lowest yields of DHA-EE in one or two-processed steps,
suggesting selectivity towards this fatty acid. The resting cells of the filamentous fungi
used in this study, unlike commercial enzymes, did not undergo any kind of extraction,
purification and immobilization process. Therefore, they were very cheap biocatalysts
compared to commercial ones. Furthermore, several authors reported that enzymatic
activity and selectivity of lipases could be affected by the immobilization process. Similarly,
it was clear that commercial lipase esterified the omega-3 fatty acids optimally, with yields
above 90% for DHA and 100% for EPA contained in the MLO. The resting cells of the
R. oryzae and A. flavus tested showed a good percentage of hydrolysis (88% and 93%,
respectively), higher than those of the commercial enzyme (61%). These results open a new
path to studying the enrichment of PUFA using these resting cells.

Supplementary Materials: The following are available online at https://www.mdpi.com/2073-4
344/11/1/100/s1, Figure S1: 1H-NMR spectrum of monkfish liver oil (MLO) extracted with Roller
mixer (RM) and different solvents; Figure S2: 1H-NMR spectrum of hydrolysed monkfish liver
oil (HMLO) extracted with ULTRA-TURRAX® (UT) and different solvents; Figure S3: 1H-NMR
spectrum of MLO extracted by Folch method (FM) and with RM agitation; Figure S4: Chromatogram
(GC-FID on DB-23, 30 m) chemically esterified monkfish liver oil; Table S1: Green solvent properties,
extraction yields (MLO), substance information and cost analysis.
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Abstract: Halohydrin dehalogenases (HHDH) are industrially relevant biocatalysts exhibiting a
promiscuous epoxide-ring opening reactivity in the presence of small nucleophiles, thus giving
access to novel carbon–carbon, carbon–oxygen, carbon–nitrogen, and carbon–sulfur bonds. Recently,
the repertoire of HHDH has been expanded, providing access to some novel HHDH subclasses
exhibiting a broader epoxide substrate scope. In this work, we develop a computational approach
based on the application of linear and non-linear dimensionality reduction techniques to long
time-scale Molecular Dynamics (MD) simulations to study the HHDH conformational landscapes.
We couple the analysis of the conformational landscapes to CAVER calculations to assess their impact
on the active site tunnels and potential ability towards bulky epoxide ring opening reaction. Our study
indicates that the analyzed HHDHs subclasses share a common breathing motion of the halide binding
pocket, but present large deviations in the loops adjacent to the active site pocket and N-terminal
regions. Such conformational differences affect the available tunnels for epoxide binding to the active
site. The superior activity of the HHDH G subclass towards bulkier substrates is explained by the
additional structural elements delimiting the active site region, its rich conformational heterogeneity,
and the substantially wider and frequently observed active site tunnels. This study therefore provides
key information for HHDH promiscuity and engineering.

Keywords: Halohydrin dehalogenases; conformational dynamics; active site tunnels;
molecular dynamics simulations

1. Introduction

Enzymes are highly efficient in accelerating the chemical reactions under biologically controlled
conditions, and can provide synthetically useful building blocks with high selectivity and specificity.
The ability of enzymes of accelerating additional side reactions, i.e., they present catalytic promiscuity,
is thought to play a key role in the evolution of enzymes towards new functions [1,2]. The appearance
of novel enzyme functionalities through evolution has been attributed to the fine-tuning of the
conformational ensemble present in solution, whose relative stabilities can be tuned by mutations [3–7].
Many of these pre-existing conformations can play a key role in recognizing and binding the substrate
and/or releasing the product, in conferring the enzyme the catalytic promiscuity, and in some cases in
regulating the operating allosteric communication. These additional conformations of the enzyme
can present deviations in the available tunnels for accessing the active site, thus playing a role in the
enzyme catalytic activity. Indeed, the engineering of some flexible loops gating substrate access to
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the active site and contributing to product release were shown to be key for boosting the catalytic
activity of some enzymes [8,9]. The enzyme conformational landscape therefore plays a crucial role in
its function, promiscuity, regulation, and evolution.

Halohydrin dehalogenases (HHDHs) perform a cofactor independent dehalogenation reaction for
degrading halogenated compounds. They are highly valuable biocatalysts as they exhibit promiscuous
epoxide ring-opening catalytic activity in the presence of small nucleophiles, thus giving access to novel
carbon–carbon, carbon–oxygen, carbon–nitrogen, and carbon–sulfur bonds [10,11]. Some biocatalytic
examples of HHDH-catalyzed reactions include their application for obtaining statin side chains
precursors more efficiently, enantiopure epihalohydrins, oxazolidinones, tertiary and beta-substituted
alcohols [12–18]. As shown by the solved X-ray structures, the active site of HHDH is composed by
a binding site for the epoxide and a spacious halide binding pocket that can accommodate linear
monovalent anions as nucleophiles (see Figure 1) [19,20]. HHDHs feature a conserved catalytic triad
composed by Ser-Tyr-Arg, which catalyzes epoxide formation and subsequent halide release [19,20].
The promiscuous epoxide ring-opening reaction usually occurs at the less-hindered carbon via SN2
mechanism [20], and the range of epoxides accepted by HHDHs is usually limited to terminal
epoxides [21], although some recent examples of HHDH accepting sterically more demanding epoxides
have been reported [22] (see Scheme 1). In a recent paper by the Schallmey lab, novel HHDHs were
identified following a database mining approach, with six phylogenetic subtypes of HHDH ranging
from A through G characterized [23]. Particularly useful is HheG, as it represents the first example of
HHDH able to accept with synthetically useful activities bulky cyclic epoxides as substrates [22,23].
Interestingly, HheG has also been recently found to exhibit high activity towards sterically demanding
di-substituted epoxides, whereas the A-F subtypes present activity only towards methyl-disubstituted
epoxide substrates [24] (see Scheme 1). Unfortunately, structure (i.e., conformational dynamics)–activity
relationships are not available for this family of enzymes.

Figure 1. Halohydrin dehalogenase (HHDH) distinct structural elements and zoom of the active site
and halide binding pockets based on the HheC structure. Active site residues are highlighted in
wheat color, halide-binding site in teal, N-terminal loop in light green, C-terminal loop in purple and
N-terminal 6–7 helices in salmon. In the active site zoom, potential residues blocking the accessible
active site tunnels are depicted using the same color scheme.
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Scheme 1. (A). Reaction scheme of the two-step HHDH catalyzed enzymatic reaction: (1, left)
dehalogenation for epoxide formation, followed by the promiscuous (2, right) enantioselective
epoxide-ring opening reaction by a nucleophile. Numbering of the residues is based on HheC.
(B). Representative bulky epoxide substrates accepted by the HheG variant: cyclohexene oxide,
limonene epoxide [22], and racemic di-substituted trans-epoxides [24]. Examples of epoxide substrates
accepted by HheC are also displayed: epichlorohydrin and epibromohydrin [11].

Computational techniques and, in particular, molecular dynamics (MD) simulations are
particularly useful in elucidating the ensemble of thermally accessible enzyme conformations by
integrating Newton’s laws of motion [25]. This enables the reconstruction of the enzyme conformation
landscape and assess how this is shifted by ligand binding, sequence differences between protein family
members, and/or the introduction of mutations in the enzyme active site or at distal positions [7,26].
Recovery of time-dependent dynamical descriptors, such as volume cavities, solvent-accessible
surface area, or changes in internal tunnels/channels is also possible by post-processing the highly
dimensional MD datasets [4,27]. Particularly useful is the application of dimensionality reduction
techniques for automatically identifying key enzymatic states from MD simulations and account for
as much information as possible. These methods can be broadly classified into linear and non-linear
dimensionality reduction techniques and have been successfully used to identify key states in MD
simulations [28–33]. Combinations of linear and non-linear methods have also been proposed to take
advantage of both approximations, with the time-lagged t-Distributed Stochastic Neighbor Embedding
(t-SNE) [33] as a clear example [34]. In this direction, we have previously developed a computational
protocol based on the combination of the linear time-Independent Component Analysis (tICA) [35]
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and t-SNE [33] for elucidating the conformational ensemble of Candida rugosa lipase and its accessible
tunnels for substrate binding to the active site [27].

In this work, intrigued by the observed differences in the catalytic activity and substrate scope
of the different subclasses of HHDHs, we characterized the intrinsic conformational landscapes of
HHDHs and correlate them with changes in available tunnels for substrate binding and product release
in A2, B, C, D2, and G of HHDH subclasses. Extensive MD simulations, followed by dimensionality
reduction techniques and tunnel analysis with the CAVER package, provide a clear rationalization
of substrate preferences of the studied HHDH subclasses. Our protocol based on projecting MD
data into a linear and non-linear reduced space ensures an extensive characterization of the HHDH
dynamical ensemble and elucidates how it is modified in the different subclasses. This approach not
only provides clear insights of how the available tunnels for substrate binding and product release
are altered, but also derives interesting data for HHDH evolution and engineering. This is the first
comprehensive study that evaluates the conformational dynamics and associated changes in tunnel
accessibility to the active site in different phylogenetic subclasses of HHDH.

2. Results

2.1. Conformational Landscapes of Halohydrin Dehalogenases (HHDHs)

Our study starts with the evaluation of the conformational landscapes of the different Halohydrin
dehalogenase (HHDH) variants from the subclasses A2, B, C, D2, and G, followed by a rationalization
of how dynamics affect their promiscuity towards epoxide ring opening [22–24]. All analyzed HHDH
subclasses are tetrameric, they share the catalytic triad (Ser, Tyr and Arg) and present the halide binding
residues located in the loop that connects the 6th β-strand and 9th α-helix (see Figure 1). They also
exhibit some structural differences: two α-helices (2nd and 3rd, residues 32–55 according to HheC
numbering) are found near the N-terminal part of the protein, with the exception of B and D2; and in
G the 2nd α-helix is disordered. HheG also presents the distinctive feature of presenting an additional
α-helix in the halide binding site loop, which might potentially broaden the active site entrance tunnel.
In the particular case of HheC, the C-terminal part of the opposite monomer is positioned close to
the active site and halide binding pockets, which interacts with some halide binding site sidechain
residues. Such large structural differences among the subclasses studied might lead to substantial
deviations in the HHDH conformational landscapes.

We evaluated the conformational landscapes of A–D, G HHDHs by performing Molecular
Dynamics (MD) simulations with an accumulated simulation time of 1.25 microseconds for each
system, in explicit water solvent using AMBER (see Methods) [36]. The obtained high dimensional
MD dataset was then further analyzed by combining linear and non-linear dimensionality reduction
techniques (see Figure 2). We first applied the linear method time-Independent Component Analysis
(tICA) [35], which focuses on those motions that most rarely occur, i.e., the slowest kinetically relevant
processes. Similarly to the linear Principal Component Analysis (PCA) method [28], tICA allows for
a direct identification of relevant descriptors with limited complexity on the dynamics represented,
thus requiring more data dimensions to represent the same data variance. To capture more data variance
with a reduced number of descriptors, we combined tICA with the non-linear t-Distributed Stochastic
Neighbor Embedding (t-SNE) [33] method. This method is used to represent high dimensional data
into a 2D or 3D visually appealing low dimensional space by approximating the probability distribution
of points in the high dimensional data into the reduced space. In this way, similar data points are
placed together with high probability in the reduced space whereas dissimilar data is located distant.
By following this tICA-t-SNE methodology, the most relevant conformational states sampled along the
MD simulations for each HHDH subclass were revealed (see Figure 2 and Figure S1).
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Figure 2. Computational protocol used to reconstruct the conformational landscapes of the different
HHDH subclasses. It is based on a two-step process consisting of: first applying to the MD dataset the
linear time-Independent Component Analysis (tICA) [35], followed by the application of the non-linear
t-distributed Stochastic Neighbor Embedding (t-SNE) [33] method. In this fashion, the high dimensional
MD dataset is reduced into a 2D space, that is subsequently clustered using HDBScan [37].

The evaluation of the enzyme conformational dynamics by means of the mentioned tICA-t-SNE
methodology indicated that all HHDH subclasses have a moderate to high degree of flexibility,
exploring conformations outside the main energy minima (see Figure 3). This is especially true for
HheA2 and HheG, which display the most flexible behavior among variants. It is worth mentioning
that for all analyzed HHDH subclasses, the projection of the t-SNE most populated clusters onto
the corresponding tICA space agrees with well-defined energy minima, confirming that the t-SNE
dimensionality reduction method faithfully represents protein dynamics (Figure 3). For all HHDH
subclasses explored, the slowest conformational change corresponds to a ‘breathing’ motion of the
protein, involving a coordinated conformational change of both catalytic and halide binding sites.
The impact of this breathing motion into substrate binding or product release will be evaluated below.

Analysis of the structural differences observed for HheA2 clusters indicates that conformational
changes mainly occur in the halide binding site (Residues 170–210), and the loop located close to the
catalytic Tyr146 (Residues 80–95) (Figure 3). The slowest conformational changes (as represented
by tIC1, tIC2 and tIC3) correspond to different conformations of the α-helix contained in the halide
binding region, and loop motions within the active site (tIC2). The conformational changes observed in
the case of the HheD2 variant are similar to those observed for HheA2, however, the catalytic (130–150)
and halide binding (170–190) residues display a lower degree of flexibility compared to HheA2.

As mentioned earlier, a distinctive feature of HheC and HheG is the presence of a flexible region
close to the N-terminal part of the protein, comprised by an α-helix (Residues 32–36) in HheC and a
disordered loop (Residues 30–50) in HheG. The HheC most populated conformations mainly involve
coordinated motions of the N-terminal flexible α-helix and the halide binding pocket region. The HheG
disordered character of the loop region comprised by residues 30 to 50, which is close to the halide
binding residue Tyr13, is the slowest conformational change (as described by tIC0 and tIC1 dimensions).
The large structural variability of this protein region is likely involved in substrate accessibility and the
presence/absence of lateral access channels, which most likely confer the enzyme the ability to accept
bulkier epoxide substrates (see below). As explained before for the D2 and A2 subclasses, HheG also
presents a ‘breathing’ or coordinated motion of the catalytic and halide binding domains.

Contrary to the previous HHDH variants, our MD simulations indicate that HheB displays
a quite different conformational behavior, with a tight packing of the protein structure and only
minor rearrangements of the α-helix located above the halide binding site (residues 170–190).
Most populated conformations only display minor rearrangements on the halide binding region.
Interestingly, most visited t-SNE clusters for HheB fall into a narrow region of the tICA space,
thus explaining the observed conformational rigidity.
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Figure 3. Representation of the 10 most populated MD conformations as described by the t-SNE
technique for the different HHDH subclasses analyzed: HheA2, HheB, HheC, HheD2, and HheG.
The 10 different conformations (each one colored differently) are projected on the tICA conformational
landscapes. The most flexible parts of the enzymes are marked and numbered accordingly. The location
of the active site (AS) and halide binding pocket (HP) are marked with a green and blue discontinuous
circle, respectively.
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2.2. Active Site Accessibility Tunnels of Halohydrin Dehalogenases (HHDHs)

The analysis of the conformational landscapes of the A–D, G HHDHs has revealed major differences
among subclasses in the flexibility of the halide binding site region and loops located at the vicinity of
the active site pocket. Such conformational changes may impact the available tunnels for substrate
accessibility to the active site, thus regulating the enzyme ability to accept bulky epoxide substrates for
the industrially relevant promiscuous reactivity. Tunnel analysis with the CAVER software [38] was
performed for all t-SNE clusters of each HHDH studied system (see Figures 2 and 3). The average
bottleneck radius of the computed tunnel (BR, i.e., narrower region of the tunnel) for each cluster was
calculated (see Tables 1 and 2).

Table 1. Mean tunnel bottleneck radius (BR, in Å) for each HHDH system computed on a representative
structure of each cluster center (see Methods).

HHDH Tunnel T1 Tunnel T2 Tunnel T3

HheA2 1.8 ± 0.4 1.6 ± 0.6 n.d. 1

HheB 1.9 ± 0.6 1.8 ± 0.8 n.d. 1

HheC 2.0 ± 0.3 1.3 ± 0.2 1.0 ± 0.02
HheD2 1.8 ± 0.5 1.7 ± 0.4 n.d. 1

HheG 2.2 ± 0.4 1.9 ± 0.5 1.8 ± 0.5 Å
1 Not detected.

Table 2. Computed tunnel frequency for each HHDH subclass (see Methods).

HHDH Tunnel T1 Tunnel T2 Tunnel T3

HheA2 92.4% 12.3% n.d. 1

HheB 97.6% 25.7% n.d. 1

HheC 96.9% 77.5% 36.2%
HheD2 88.0% 71.1% n.d. 1

HheG 97.6% 91.8% 65.8%
1 Not detected.

One major tunnel (named T1) was identified in all analyzed HHDH variants (see Figure 4). In some
cases, two additional tunnels (T2–T3) were also found, although with different probabilities. T1 defines
the direct vertical path from the active site to the bulk solvent, and is shaped by the active and halide
binding sites. This tunnel was found in 92.4%, 97.6%, 96.9%, 88.0%, and 97.6% of the clustered MD
frames for HHDH subclasses A2, B, C, D2, and G, respectively. Contrary to what we initially expected,
the C-terminal part from the neighbor chain in HheC does not affect T1 formation, thus not blocking
substrate accessibility to the active site (see Figure S2). The analysis of the average bottleneck radius
(BR) of T1 in the different HHDH subclasses indicates that in A2, B, C, and D it is ca. 1.90 Å, whereas it
is slightly larger in the case of HheG (ca. 2.2 Å). This larger BR for T1 observed in G together with its
high frequency (98%) explains the higher catalytic activity of HheG with substantially bigger epoxide
substrates [22]. The BR of T1 is located close to the active site in all HHDHs, and thus contrary to what
one might have initially expected, T1 is not directly affected by the ‘breathing’ motions of the α-helix
contained in the halide binding region and the loop close to the catalytic residues described above.

T2 and T3 are lateral tunnels delimitated by the position of the sidechains of some blocking
residues (H11, F12, I84, Y185, F186 and the N-terminal loop mentioned above, numbering according to
HheC). Some deviations in the T2 exit to the bulk solvent can be found depending on the position of the
N-terminal part and the H11, and F12 sidechain conformations. If the N-terminal part is not blocking
the direct exit of T2, the shape and exit of T2 is regulated by the rotation of H11 and F12 sidechains.
Alternatively, the longer tunnel T2′ located under the halide binding site loop (residues 180–183 in
HheC) can be formed. Tunnel T2 was found in 12.3%, 25.7%, 77.5%, 71.1% and 91.8% of the MD frames
for HHDH subclasses A2, B, C, D2, and G, respectively. T2 is therefore hardly found in subclasses
A2 and B, more visited in C and D2, and highly frequent in HheG. The analysis of the mean BR
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reveals that in A2, T2 is hardly present and when formed has a narrow mean BR value of ca. 1.6 Å.
In B2, the average BR is expanded to ca. 1.8 Å although with a large variability and low frequency
(26%). In contrast, T2 is highly frequent in C (78%) but it is likely too narrow to allow the access of
bulky substrates (mean BR of 1.3 Å). The high frequency of T2 in HheD2 and HheG (72% and 92%,
see above), is combined with larger average BR values of ca. 1.7 Å in the case of D2, and ca. 1.9 Å in G.
These findings of a high frequency of T2 combined with wider BR are in line with the higher activity of
HheD2 and HheG with larger di-substituted epoxide substrates [24].

Figure 4. Representation of the three major tunnels that exist in (A) HheA2, (B) HheB, (C) HheC,
(D) HheD2, and (E) HheG: T1 shown in raspberry, T2 in teal, and T3 in dark blue. The key elements
that determine T2 formation in the different subclasses are highlighted.
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We hypothesized that these large differences in the prevalence of T2 in the analyzed HHDH
classes might be related to its associated conformational changes and/or structural variations. To that
end, we relied on random forest classifiers [39] to elucidate the key heavy atom distances that modulate
T2 formation (see Figure 4, Figures S3–S8). In A2, T2 formation is directly affected by the side-chain
conformation of Tyr184 located at the halide binding loop (180–210) and Arg84 contained in the loop
close to the catalytic Tyr146 (Residues 80–95). As shown in Figure 3, these regions correspond to the
most flexible parts of HheA2, and thus T2 formation is directly related to the enzyme conformational
dynamics. In B, T2 formation depends on the side-chain conformation of Tyr166 located at the halide
binding loop (see Figure 4B). In fact, T2 is only observed when Tyr166 is displaced out of the active site
pocket (see Figure 4B). HheB is the most rigid HHDH analyzed (see Figure 3), and the halide binding
region containing Tyr166 does not exhibit a high flexibility, thus explaining the low frequency of T2
in B.

In HheC, T2 is substantially more frequently observed (78%), however, as shown in Figure 4C,
T2 follows a slightly different path. In C, T2 formation is dependent on the conformation of the
halide binding loop containing Pro183 (189–180) and the positioning of the N-terminal loop 5–14.
These regions also correspond to the most flexible parts of the enzyme (see Figure 3), and therefore
the formation of T2 in C is also related to its conformational dynamics. The high frequency of T2
in HheD2 is explained by its different location with respect to the previously mentioned cases (see
Figure 4D). T2 is rather short and depends on the side-chain conformation of Phe17 at the N-terminal
loop 12–18, and the adjacent loop close to the catalytic Tyr128 (65–80). The latter loop exhibits a quite
high flexibility (see Figure 3), however, the N-terminal loop is rather rigid. As observed in Figure 4D,
T2 in HheG is located between the halide binding loop 195–225, and the loop located close to the
catalytic Tyr160 (95–105). However, given the wider active site pocket of HheG a longer distance
between the latter loops is observed (this distance is 7.6 ± 2.3 Å in HheG, whereas 5.0 ± 2.4, 6.4 ± 3.2,
4.6 ± 1.4, 6.6 ± 2.3 for HheA2, HheB, HheC, HheD2, respectively), which makes T2 less dependent on
their adopted conformation thus explaining the high prevalence (92%) of this tunnel in G. Thanks to
the additional α-helix in the halide binding loop in HheG, T2 is not hampered by the N-terminal loop
as observed in the other HHDH subclasses.

Tunnel T3 is only observed in those HHDH subclasses with a rather flexible N-terminal region
(HheC and HheG, see Figures 3 and 4). The presence of T3 is therefore related to the positioning of
the N-terminal loop and its associated conformational dynamics. T3 was found only in 36.19% of the
HheC MD clusters, whereas it was found in 65.8% of the HheG MD dataset in line with the higher
flexibility of the N-terminal loop observed in the G subclass. The analysis of the average BR indicates
that although in HheC T3 is observed in 37% of the analyzed structures it is too narrow (ca. 1.0 Å)
to allow the access of the epoxide substrate to the active site. In contrast, T3 is highly frequent in
HheG and presents a substantially larger average BR of ca. 1.8 Å. This observation is again in line with
the higher ability of HheG to accommodate bulkier epoxide substrates for the industrially relevant
promiscuous reactivity [22].

3. Discussion

The repertoire of Halohydrin dehalogenases (HHDH) has been recently expanded, which provides
access to some novel HHDH subclasses. These novel enzymes present substantial structural similitudes,
although large differences especially in loops and alpha-helices located at the vicinity of the active site
of the enzyme are also present. The analysis of the conformational landscapes of HHDH by means of
linear and non-linear dimensionality reduction techniques has revealed that a common feature of all
analyzed HHDH is a high flexibility of the alpha-helix and loop containing the halide binding pocket,
i.e., ‘breathing motion’. Apart from this common motion, there are some conformational differences
among the analyzed subclasses: HheA2 and HheD2 exhibit a high flexibility of the loop located close
to the catalytic Tyr; HheC has instead a high mobility of the N-terminal loop, and HheG is the most
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conformationally rich HHDH displaying a large mobility of the N-terminal loop, the loop located
adjacent to the catalytic Tyr and the already mentioned halide binding pocket.

The characterization of the accessible tunnels at the ensemble of conformations explored by means
of CAVER has evidenced some relevant deviations in the available active site tunnels, some of them
clearly influenced by the conformational dynamics of the HHDH subclass. All analyzed enzymes
present a major tunnel (named T1) that vertically connects the active site pocket to the bulk solvent
through the cavity formed between the loop located close to the catalytic Tyr and the halide binding
pocket. In contrast to what we originally expected, the formation of T1 is independent from the
above-mentioned breathing motion of the halide binding pocket and has a high occurrence in all
HHDH (which ranges from ca. 88–98%). The bottleneck radius (BR) of T1 is located close to the
active site residues, thus not being substantially affected by the halide binding pocket conformation.
The computed BR for T1 is ca. 1.9 Å for all HHDH, except in HheG that is broadened to ca. 2.2 Å.
Interestingly, dramatic differences are observed in the case of the secondary tunnel T2. The length,
the exact positioning, BR values, and the frequency of T2 is subclass-dependent. In A2 and B, T2 is
hardly present and is mostly dependent on the conformation of a Tyr residue (185 in A2 and 167 in
B) contained in the halide binding pocket. In HheC, T2 has a high frequency and is located between
the halide binding pocket (179–190) and the N-terminal loops (5–14), which present a rather high
flexibility. T2 is substantially shorter in HheD2 and is situated between the rather rigid N-terminal and
the substantially more flexible loop situated close to the catalytic Tyr. Thanks to the additional α-helix
in the halide binding loop in HheG, T2 formation is less affected by the conformation of the halide
binding region, the N-terminal and the loop situated close to the catalytic Tyr. The BR of T2 ranges
from 1.3 Å for HheC to 1.9 Å for HheG. Finally, a third secondary tunnel (T3) is also present in the
case of HheC and HheG that present a substantially more flexible N-terminal region. T3 is, however,
less observed in HheC and exhibits a substantially narrower BR value (1.0 Å for C and 1.8Å for G).

4. Materials and Methods

Systems Set-Up. MD simulations were carried out on the structures of A2, B, C, and G HHDH
subclasses with protein database (PDB) codes 1ZMO, 4ZD6, 1ZMT, and 5O30, respectively, as initial
structures. The X-ray structure for D2 is not released yet (made available by the Schallmey lab).
Protonation states of enzyme residues were assigned based on pKa values provided by the H++ server
(http://biophysics.cs.vt.edu/H++) [40]. The enzymes were then solvated in a pre-equilibrated cubic box
with a 10 Å buffer of transferable intermolecular potential with 3 points (TIP3P) [41] water molecules,
resulting in the addition of approximately 27,000 solvent molecules per protein variant. The systems
were neutralized by the addition of approximately 32 explicit counter ions (Na+). All simulations were
done using the Amber 99SB force field (ff99SB-ildn) [42].

MD Simulations. The graphics processing unit (GPU) version of pmemd in Amber16 was used for
the MD simulations. A two-stage geometry optimization was performed, first minimizing the positions
of solvent molecules and ions, by imposing harmonic positional restraints of 500 kcal mol−1 Å−2

on solute molecules, followed by an unrestrained minimization. Afterwards, a gradual heating
of the systems was performed by increasing the temperature 50 K along six 20 ps sequential MD
simulations (0–300 K) under constant volume and periodic boundary conditions. Harmonic restraints
of 10 kcal/mol were applied to the solute, and the Langevin equilibration scheme was used to control
and equalize the temperature. The time step was kept at 1 fs during the heating stages, allowing
potential inhomogeneities to self-adjust. Each system was then equilibrated without restraints for 2 ns
with a 2 fs time step at a constant pressure of 1 atm and temperature of 300 K. After equilibration in the
isothermal-isobaric ensemble (NPT), 5 replicas of 250 ns were run for each system (i.e., 1.25 μs per
HHDH subclass) in the canonical ensemble (NVT) yielding a total MD simulation time for all systems
of 6.25 μs.

MD dimensionality reduction. MD simulation trajectories were post-process with the pyemma2
software package [43]. C-alpha coordinates of the aligned protein subclasses at each nanosecond of MD
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simulation were used as initial features, resulting in 182,250,000, 168,000,000, 189,000,000, 168,000,000,
192,750,000 extracted values (features x frames x replicas) for the A2, B, C, D2, and G HHDH subclasses,
making the statistical analysis unfeasible. Subsequently, the time-lagged Independent Component
Analysis (t-ICA) [35], with a lag time τ set to obtain the minimum number of reduced dimensions,
was applied to reduce the dimensionality of the initial MD features. The linear method t-ICA focuses
on those motions that most rarely occur, i.e., the slowest kinetically relevant processes. Conversely to
linear methods, non-linear techniques have the advantage of capturing more data variance with less
descriptors, although at the cost making the biophysical interpretations of such reduced descriptors
challenging. These methods include the recently proposed variational autoencoders [31,32], and the
t-Distributed Stochastic Neighbor Embedding (t-SNE) [33], among others. After applying t-ICA,
we further reduced the dimensionality of the data by applying the t-SNE method to the 20 most
informative t-ICA dimensions. These 20 most informative t-ICA dimensions describe the 25% of the
total variance. The resulting 2D t-SNE space was clustered with the HDBSCAN algorithm [37], with a
minimum cluster size of 200 and other default parameters, resulting in 133, 126, 134, 124, 119 clusters
for the A2, B, C, D2, and G variants, respectively. By applying the t-SNE dimensionality reduction,
less than 75% of the variance was lost.

Tunnel analysis of MD simulation. CaverAnalyst [44] was used to compute substrate entry
channels for the 10 most populated HDBSCAN clusters of each HHDH variant. For each t-SNE cluster,
the nearest MD snapshot was extracted with the Mdtraj software [45] for the analysis of accession
tunnels, thus spanning the whole dynamical space of the enzyme. The parameters used for the tunnel
search were 4 Å shell depth, 2.5 Å shell radius, clustering threshold value of 3.5 and a 1 Å minimum
probe radius were used as tunnel search parameters.

Decision trees and feature importance. Decision trees are supervised learning methods and,
therefore, require a set of training examples for which the output or label is known. They infer
relations from training instances by asking a series of questions about the input in a tree-shaped
hierarchy. For categorical data, yes/no questions can be asked regarding the presence/absence of
a particular input, whereas for real-valued features, such as atomic distances, threshold values are
normally used. Here, we defined as input features all possible minimum distances between residues
defining the shape of the corresponding tunnel and the presence/absence of the studied tunnel as a
target feature. We used a Python pipeline to standardize the input data and select the best Random
Forest parameters for the classification. MD data was randomly split into a training set (80%) and test
set (20%). We used Python packages Numpy [46], Pandas, Scikit-Learn [47], and Matplotlib for data
manipulation, machine-learning, and visualization. Pyemma2 [43] was used for feature extraction
from MD simulations, PCA, and tICA dimensionality reduction.

Formula for computing the tunnel frequency (f) for each HHDH subclass (Table 2):

f =

∑n
i=1 δipi

M
·100 δi ⇒ 0 i f tunnel not present

1 i f tunnel present

where M is the total number of frames, pi is the number of frames in the cluster and n is the number of
clusters of each system.

5. Conclusions

The exploration of the conformational landscape of the different HHDH subclasses coupled to the
active site tunnel calculations has indicated that the superior activity of HheG towards bulky epoxide
substrates is due to the presence of some additional structural elements adjacent to the active site
pocket, its higher conformational heterogeneity, and the presence of highly prevalent active site tunnels
that present bottleneck radius of ca. 1.9 Å. This is unique to the G subclass, as the rest of the analyzed
HHDH are conformationally more restricted and present a reduced number of narrower active site
tunnels. Altogether, our study has shown how the HHDH structural dissimilarities influence their
conformational landscape, thus impacting their associated active site tunnels, and in turn, their catalytic
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promiscuity. By means of extensive MD simulations and CAVER analysis, this work has provided key
information for rationalizing HHDH promiscuity and for further engineering.

Supplementary Materials: The following are available online at http://www.mdpi.com/2073-4344/10/12/1403/s1,
Figure S1: tSNE and HDBSCAN representations, Figure S2: T1 representation as tetramer, Figures S3–S7:
Random Forest Classifier for HheA2, HheB, HheC, HheD2, and HheG, Figure S8: Most important contacts
computed using Random Forest Classifier.
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Abstract: The use of biocatalysts in organic chemistry for catalyzing chemo-, regio- and stereoselective
transformations has become an usual tool in the last years, both at lab and industrial scale. This is
not only because of their exquisite precision, but also due to the inherent increase in the process
sustainability. Nevertheless, most of the interesting industrial reactions involve water-insoluble
substrates, so the use of (generally not green) organic solvents is generally required. Although lipases
are capable of maintaining their catalytic precision working in those solvents, reactions are usually very
slow and consequently not very appropriate for industrial purposes. Increasing reaction temperature
would accelerate the reaction rate, but this should require the use of lipases from thermophiles,
which tend to be more enantioselective at lower temperatures, as they are more rigid than those from
mesophiles. Therefore, the ideal scenario would require a thermophilic lipase capable of retaining
high enantioselectivity at high temperatures. In this paper, we describe the use of lipase from
Geobacillus thermocatenolatus as catalyst in the ethanolysis of racemic 2-(butyryloxy)-2-phenylacetic to
furnish both enantiomers of mandelic acid, an useful intermediate in the synthesis of many drugs
and active products. The catalytic performance at high temperature in a conventional organic solvent
(isooctane) and four imidazolium-based ionic liquids was assessed. The best results were obtained
using 1-ethyl-3-methyl imidazolium tetrafluoroborate (EMIMBF4) and 1-ethyl-3-methyl imidazolium
hexafluorophosphate (EMIMPF6) at temperatures as high as 120 ◦C, observing in both cases very
fast and enantioselective kinetic resolutions, respectively leading exclusively to the (S) or to the
(R)-enantiomer of mandelic acid, depending on the anion component of the ionic liquid.

Keywords: Geobacillus thermocatenolatus; lipases; ethanolysis; ionic liquids; kinetic resolution;
mandelic acid

1. Introduction

Employing biocatalysts in organic chemistry, either alone [1,2] or combined with chemical
catalysts [3,4] for developing selective transformations has become an common tool in the last
years [5,6]. This is based on the extremely enzymatic precision (chemo-, regio- and stereoselectivity)
acquired when applied in biotransformations not only at lab, but also at industrial scale [7–11], being
used mainly in pharma industry [12–17]. Moreover, moving from chemical catalysis to biocatalysis
leads to an increase in process sustainability—given that biocatalysis and green chemistry usually go
hand-in-hand [2,17–19].
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One of the green credentials of biocatalysis derives from the fact that biotransformations can
be conducted under very mild reaction conditions, e.g., atmospheric pressure, room temperature or
aqueous media. However, harsh conditions required for many industrial processes—such as high
temperature and/or the use of organic (co)solvents—may impede the use of some enzymes. To address
these drawbacks, using thermotolerant biocatalysts obtained from thermophilic organisms is an
excellent alternative [20–23], as these thermozymes can efficiently work at very high temperatures [24,25]
and are generally very resistant to organic solvent-promoted denaturation [26,27]. Among all the
arsenal of enzymes available for being used in biotransformations, lipases (triacylglycerol hydrolases,
EC 3.1.1.3) are one of the most frequently applied, as they are easily available, do not need cofactors
and display a wide range of substrate recognition [28–31]. Furthermore, their ability for working in
almost anhydrous organic solvents allows conducting reactions in the sense of synthesis instead of
hydrolysis, therefore favoring the transformation of many organic compounds, which are generally
water-insoluble and thus reverting the original enzymatic selectivity [32–34].

The use of lipases from thermophiles has been frequently reported [23,35,36]. Among them,
the term “thermoalkaline (TA) lipases” describes some enzymes resistant not only to temperature
(70–80 ◦C) but also to the presence of alkaline media (pH values between 8 and 10) [36]. These
enzymes possess a peculiar feature in their 3D structure due to the presence of a relatively large lid
domain (around 70 residues) formed by two alpha-helices (α6 and α7) [37], so that the opening of this
lid domain upon exposing the active site requires a significant conformational change [38]. One of
the most representative examples of TA lipases is that one from Geobacillus (formerly Bacillus [39])
thermocatenulatus. From this microorganism, Schmidt-Dannert et al. [40–42] described two lipases,
namely BTL1 and BTL2. The latter was crystallized in its open form by Carrasco-Lopez et al. [37,43].
The stereoselectivity of BTL2 towards 29 chiral substrates was initially tested by Liu et al. [44], reporting
only good results for the acylation of 1-phenylethanol and 1-phenylpropanol with vinyl acetate
(as well as for the hydrolysis of the corresponding esters). Later, this enzyme—immobilized on
different supports via diverse methodologies—has been extensively tested on different substrates,
some of them chiral [45–64], generally with moderate results. Additionally, chemical [55,58,65–67] and
genetic [56,68–71] modifications of BTL2 lipase for improving its catalytic behavior (typically, to reduce
the steric hindrance around the active site) have been also reported. Finally, different papers in recent
literature have employed the reported 3D structure of BTL2 for performing molecular simulations
aiming to rationalize its catalytic performance and stability [38,72–74].

Although TA lipases are very resistant to organic solvents and high temperatures, the boiling
point of the solvents clearly limits the maximum operational temperature. In this sense, the use of
RTILs (room-temperature ionic liquids) can be very convenient, as they display very high boiling
points and have been proven to be compatible with enzymatic catalysis [75–78]. RTILs (organic salts
consisting of an organic cation and a polyatomic inorganic anion, liquid under 100 ◦C), are broadly
regarded as green solvents [79], as they have extremely high enthalpies of vaporization (making them
effectively nonvolatile), as well as high chemical and thermal stabilities and remarkable solvating
power, so that they can be safely used at high temperature. However, the large number of steps
required for their synthesis, sometimes demanding the use of non-renewable crude oil sources and
some toxic intermediates, may alter their consideration as eco-friendly solvents [80]. On the other hand,
the high cost of RTILs can be compensated by their easy recovery from the reaction media (by simply
extracting with (green) organic solvents), which allows to reuse them several times [78].

Remarkably, as their rigidity is higher, thermophilic enzymes are more stereoselective when used
at the optimum reaction temperature of the corresponding mesophilic counterparts, which usually
is far below their own ideal value [23]. As temperature increases, reaction rate also increases as the
thermozyme is approaching its optimal value, but at the expense of a stereoselectivity fall (because
of the higher enzymatic flexibility) down to the total loss of activity and enantioselectivity once a
certain maximum temperature is overpassed. Finding a thermophilic enzyme retaining its activity and
stereodiscrimination capability at very high temperature would be highly desirable.
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To illustrate this point, we present the results obtained in the kinetic resolution of 2-(butyryloxy)-
2-phenylacetic acid via ethanolysis catalyzed by BTL2 using different ionic liquids (1-butyl-3-methyl
imidazolium tetrafluoroborate (BMIMBF4), 1-butyl-3-methyl imidazolium hexafluorophosphate
(BMIMPF6), 1-ethyl-3-methyl imidazolium tetrafluoroborate (EMIMBF4) and 1-ethyl-3-methyl
imidazolium hexafluorophosphate (EMIMPF6) at high temperatures (90 and 120 ◦C), comparing
the results with those obtained with a conventional organic solvent (isooctane).

2. Results

The kinetic resolution of racemic 2-(butyryloxy)-2-phenylacetic acid (R, S)-1 via ethanolysis to yield
pure enantiomers of mandelic acid (R) or (S)-2 was selected as test reaction to check the performance
of BTL2, as depicted in Scheme 1a.

 
Scheme 1. Kinetic resolution of 2-(butyryloxy)-2-phenylacetic acid (R, S)-1 via ((a), this work)
BTL2-catalyzed ethanolysis or ((b), literature) BTL2-catalyzed hydrolysis.

(R)-mandelic acid and analogs are key synthons in the preparation of several drugs or biologically
active compounds, being in the core of semi-synthetic antibiotics (cephalosporins as cefamandole [81] or
penicillins as MA-6-APA II [82]) or anticholinergic drugs (such as oxybutynin [83] and homatropine [84]).
Moreover, derivatives of (R)-mandelic acid have been also used as chiral synthons in the preparation of some
drugs with different therapeutic activities: platelet/antithrombotic agents (clopidogrel [85]), vasodilator
(cyclandelate [86]), antitumor (complex of cis-[Pt{2-(α-hydroxy)benzylbenzimidazole))2Cl2] [87],
antiobesity [88,89] or CNS-stimulant dopaminergic agents ((R)-pemoline [90]). Conversely, (S)-mandelic
acid is used for the production of non-steroidal anti-inflammatory drugs such as deracoxib and
celecoxib [91].

In this paper, we present the first reported example of kinetic resolution of (R, S)-1, leading
to enantiopure mandelic acid, by ethanolysis catalyzed by BTL2 (Scheme 1a) at very high reaction
temperature. Selection of (R, S)-1 as model substrate was based in many previous studies in
which BTL2 (mainly immobilized) had been used for catalyzing its stereoselective hydrolysis
(Figure 1b) [45,48,49,51,56,58]. In these papers, only low to moderate enantioselectivity is generally
observed in the hydrolysis of (R, S)-1, and, remarkably, the enzymatic stereobias, leading to either (R)-2
or (S)-2, depends on the type of support and the methodology used for the immobilization.
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Figure 1. Progress curve of the lipase-form Geobacillus thermocatenulatus (BTL2)-catalyzed production
of both enantiomers of mandelic acid ((R)-acid, in red; (S)-acid, in blue) via ethanolysis of racemic
2-(butyryloxy)-2-phenylacetic acid (R, S)-1, using isooctane as organic solvent at different temperatures.
(a) 40 ◦C; (b) 70 ◦C; (c) 90 ◦C.

2.1. Ethanolysis of (R, S)-1 in Isooctane at Different Temperatures

Nevertheless, hydrolysis is not a good alternative for checking the real thermotolerance of a lipase,
as the stability of these enzymes is much higher when they are working on organic solvents [26,33,75].
Thus, we decided to use a water-free reaction media, selecting EtOH as nucleophile instead of water
and a water-insoluble organic solvent (Figure 1a). Opting for EtOH was based on our previous studies
on esterification of phthalic acids with BTL2 [92], and it has been very recently substantiated by
Shehata et al. [38]; indeed, these authors have published a molecular dynamics (MD) simulation of
the effect of different polar and nonpolar solvents on the thermostability and lid-opening of BTL2,
reporting that the open (active) conformation of BLT2 is more stable in EtOH than in MeOH and even
water. Additionally, this same study revealed that the overall lipase structure became more stable in
nonpolar organic solvents, while it was destabilized in polar solvents except EtOH. Thus, it seems
reasonable to use EtOH as nucleophile. On the other hand, isooctane (2,2,4-trimethylpentane) was
the classical organic solvent selected for comparative reasons, as we had previously described its
effectiveness in lipase-promoted catalysis [93–98]. This solvent is considered usable according to the
Pfizer solvent selection guide for medicinal chemistry [99].
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Thus, following the experimental procedure described in Section 4.2, the ethanolysis of (R, S)-1
was tested at three different temperatures (40, 70 and 90 ◦C). The progress curves are depicted in
Figure 1.

As can be seen from Figure 1a, the reaction at 40 ◦C proceeds very slowly, reaching a global
conversion of around 10% for (S)-2 after 400 h and 3–4% for the (R)-2 counterpart. In addition, a very
strong lag-time is observed for both enantiomers, not detecting any trace of ethanolysis of (R, S)-1
in the first 75 h. A similar pattern was observed in the generation of (R)-2 at 70 ◦C (Figure 1b);
in any case, no lag-time was observed for (S)-2 at that temperature and also for both enantiomers at
90 ◦C (Figure 1c), following a typical exponential grow. Thus, all the progress curves were adjusted
using the program INRATE implemented inside SIMFIT fitting package (version 7.6, Release 9),
a free-of-charge Open Source software for simulation, curve fitting, statistics and plotting [100]
(accessible at https://simfit.org.uk/simfit.html). Using this program, data were fitted either to lag-time
kinetics or to standard single exponential growing model. From these mathematical fittings, several
parameters were calculated (shown in Table 1) and used to quantify the activity and enantioselectivity
of BTL2 in the kinetic resolution of (R, S)-1 via ethanolysis.

Table 1. Quantitative assessment of the ethanolysis of racemic 2-(butyryloxy)-2-phenylacetic acid
(R, S)-1 catalyzed by BTL2 using isooctane as organic solvent at different temperatures.

Medium T (◦C) VS
1 VR

1 VS/VR tMAX
4 [C] max 5 P 6 [(S)-2] 7 [(R)-2] 7 E7

#1 isooctane 40 0.015 2

0.027 3
0.008 2

0.014 3
1.9 2

1.9 3 0 0 nd

#2 isooctane 70 0.083 2 0.063 2

0.332 3 1.32 2 24 2.26 0.09 1.44 0 >200

#3 isooctane 90 0.110 2 0.108 2 1.022 4.0 3.75 nd
1 initial rate (mM/h). 2 single exponential model. 3 lag-time model. 4 higher reaction time (h) at which only one
enantiomer is detected. 5 concentration (mM) of the only isomer detected at that higher reaction time. 6 productivity
(mM acid/h) at the higher reaction time. 7 enantiomeric ratio, calculated at 12 h.

As commented before, reaction was extremely slow at 40 ◦C; increasing the temperature up to
70 ◦C (Figure 1b), the reaction rate increased very markedly, and the catalytic performance for both
enantiomers was clearly different: while the generation (S)-2 was detected from the early reaction
stages and follows a single exponential model, it is not until 100 h when (R)-2 was clearly detected,
quickly growing after this point to reach similar conversion values than those observed for (S)-2 after
200 h. When the temperature was increased up to 90 ◦C (Figure 1c), both enantiomers were produced
by a similar pattern, at the same initial rate (Table 1, entry #3) and reaching similar conversion degrees
(around 40%) after 500 h, with no enantioselectivity at all. Higher temperatures were not tested as it
would mean approaching the boiling point of isooctane (99.6 ◦C)

Overall, best results are those obtained at 70 ◦C at short reaction times. In fact, inside the time
interval from 0 to 75 h, the enantioselectivity is almost perfect, although at the expenses of a low overall
conversions (around 10%, Figure 1b). Nevertheless, as results with this organic solvent were quite
unsatisfactory, room-temperature ionic liquids (RTILs) were subsequently tested.

2.2. Ethanolysis of (R, S)-1 in RTILs at Different Temperatures

As commented in the Introduction, RTILs are fully compatible with enzymatic catalysis [75–78].
The most popular RTILs are those based on imidazolium cations [101,102], being 1-butyl-3-methyl
imidazolium tetrafluoroborate (BMIMBF4), 1-butyl-3-methyl imidazolium hexafluorophosphate
(BMIMPF6), 1-ethyl-3-methyl imidazolium tetrafluoroborate (EMIMBF4) and 1-ethyl-3-methyl
imidazolium hexafluorophosphate (EMIMPF6) probably the first ones to be broadly commercialized.
Their properties have been profusely described, especially including their complete miscibility with
EtOH [103–110], the other main component of the reaction medium, used both as cosolvent and
nucleophile. As these RTILs possess a very high boiling point, the use of their mixtures with EtOH
allows using these binary mixtures at high reaction temperatures, without any noticeable EtOH
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evaporation. Hence, ethanolysis of (R, S)-1 was tested at two different temperatures, 90 ◦C (similar to
the maximum tested with isooctane) and 120 ◦C, a temperature higher than the boiling point of the
organic solvent. The results are depicted in Figures 2–5. Table 2 summarizes the parameters obtained
from the fitting of the corresponding progress curves.

 

Figure 2. Progress curve of the BTL2-catalyzed production of both enantiomers of mandelic acid
((R)-acid, in red; (S)-acid, in blue) via ethanolysis of racemic 2-(butyryloxy)-2-phenylacetic acid (R, S)-1,
using 1-butyl-3-methyl imidazolium tetrafluoroborate (BMIMBF4) at different temperatures. (a) 90 ◦C;
(b) 120 ◦C. Fitting parameters shown in Table 2, corresponding to entries #4 (BMIMBF4 at 90 ◦C) and #5

(BMIMBF4 at 120 ◦C).

 

Figure 3. Progress curve of the BTL2-catalyzed production of both enantiomers of mandelic acid
((R)-acid, in red; (S)-acid, in blue) via ethanolysis of racemic 2-(butyryloxy)-2-phenylacetic acid (R, S)-1,
using 1-butyl-3-methyl imidazolium hexafluorophosphate (BMIMPF6) at different temperatures.
(a) 90 ◦C; (b) 120 ◦C. Fitting parameters shown in Table 2, corresponding to entries #6 (BMIMPF6 at

90 ◦C) and #7 (BMIMPF6 at 120 ◦C).
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Figure 4. Progress curve of the BTL2-catalyzed production of both enantiomers of mandelic acid
((R)-acid, in red; (S)-acid, in blue) via ethanolysis of racemic 2-(butyryloxy)-2-phenylacetic acid (R, S)-1,
using 1-ethyl-3-methyl imidazolium tetrafluoroborate (EMIMBF4) at different temperatures. (a) 90 ◦C;
(b) 120 ◦C. Fitting parameters shown in Table 2, corresponding to entries #8 (EMIMBF4 at 90 ◦C) and #9

(EMIMBF4 at 120 ◦C).

 

Figure 5. Progress curve of the BTL2-catalyzed production of both enantiomers of mandelic acid
((R)-acid, in red; (S)-acid, in blue) via ethanolysis of racemic 2-(butyryloxy)-2-phenylacetic acid
(R, S)-1, using 1-ethyl-3-methyl imidazolium hexafluorophosphate (EMIMPF6) at different temperatures.
(a) 90 ◦C; (b) 120 ◦C. Fitting parameters shown in Table 2, corresponding to entries #9 (EMIMPF6 at

90 ◦C) and #10 (EMIMPF6 at 120 ◦C).
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Table 2. Quantitative assessment of the ethanolysis of racemic 2-(butyryloxy)-2-phenylacetic acid (R, S)-1
catalyzed by BTL2 using different room-temperature ionic liquids (RTILs) at different temperatures.

RTIL T (◦C) VS
1 VR

1 VMAX/Vmin
2 tMAX

3 [C] max 4 P 5 [(S)-2] 6 [(R)-2] 6 E 6

#4 BMIM BF4 90 3.85 0.76 5.1 10 13.6 1.36 15.42 13.6 1.1
#5 BMIM BF4 120 - 8.14 - 36 18.8 0.52 0 18.8 >200
#6 BMIM-PF6 90 2.0 0.31 6.4 24 17.0 0.71 14.0 0 >200
#7 BMIM-PF6 120 0.04 0.96 24 8 6.3 0.79 0 3.06 >200
#8 EMIM-BF4 90 4.08 0.52 7.8 12 18.2 3.03 18.2 0 >200
#9 EMIM-BF4 120 53.4 0 - 2.5 29.2 11.7 28.1 0 >200
#10 EMIM-PF6 90 1.86 - - 240 16.2 0.81 2.28 0.06 51.3
#11 EMIM-PF6 120 1.3 - - 54 9.8 0.18 8.52 0 >200

1 initial rate (mM/h); 2 VS/VR in all cases except for entries #5 and #7, when it should be VR/VS; 3 higher reaction
time (h) at which only one enantiomer is detected; 4 concentration (mM) of the only isomer detected at that higher
reaction time; 5 productivity (mM acid/h) at the higher reaction time; 6 enantiomeric ratio, calculated at 12 h.

2.2.1. Ethanolysis of (R, S)-1 Using RTILs Based on 1-Butyl-3-methyl Imidazolium (BMIM) as Solvent

When the tetrafluoroborate (BMIMBF4) solvent was used (Figure 2), it can be observed how using
the lower reaction temperature (90 ◦C, Figure 2a) led to a different kinetic behavior in the generation
of both enantiomers of mandelic acid. In fact, as the (S)-acid (in blue) was detected from the earlier
reaction stages, the correspondent (R)-acid (in red) was not produced until a lag-time of around 12 h
had been overpassed, experimenting a rapid increase in its production leading to an overall sigmoid
curve (Figure 2a, red solid line); remarkably, a similar initial rate (VS = 3.85 mM/h, Table 2) was
calculated considering a single exponential model (Figure 2a, red dotted line) or the sigmoid lag-time
model, red solid line). In this case, (S)-acid (in blue) was the best-recognized enantiomer, as also
observed using isooctane (Figure 1), although for BMIMBF4 the initial rate was 35 times higher than
that observed for isooctane (VS = 0.11 mM/h, Table 1). Furthermore, the reaction in this RTIL was not
only faster, but also more enantioselective than in isooctane, as the lag-time observed for the generation
of the (R)-acid allowed the production of exclusively (S)-2 at the first stages of the reaction (tMAX 10 h,
[(S)-2] MAX 13.6%, corresponding to 22.7% conversion).

Another interesting aspect to be taken into account is that, while the generation (R)-2 remained
constant after a certain reaction time (around 30% after 50 h, according to the sigmoid fitting),
the production of (S)-2 was slowly increasing after this time, although at a lower reaction rate than
that observed at the early stages; that is the reason the overall (S)-2 production followed a double
exponential fitting. This slower second reaction rate could be caused by an inhibition promoted by the
increasing amounts of (R)-2 present in the reaction media, as the slope change in the (S)-2 production
is observed only after a certain accumulation of (R)-2.

However, when performing the ethanolysis at 120 ◦C (Figure 2b), the observed reaction pattern
was radically different from that obtained at 90 ◦C, as only the (R) enantiomer of mandelic acid was
produced through a fast single exponential fit, displaying an initial rate (VR = 8.14 mM/h, Table 2) twice
that one obtained for the preferentially recognized (S)-2 at 90 ◦C. Indeed, the reaction did not progress
after 40 h, and no traces of (S)-2 were detected under these conditions, so that the enantioselectivity
was complete, leading to an overall conversion of around 30%.

An inversion in the stereobias of BTL2 in the recognition of both enantiomers of mandelic acid
had been previously reported, although in the hydrolysis of (R,S)-1 and associated with the different
methodology and support used for the immobilization of this lipase [45,47–49], as already mentioned
in the Introduction. A simple explanation of this modification in the enantiodiscrimination of BTL2
upon increasing the temperature would demand a detailed computational study, which is out of the
scope of this manuscript.

The results of the ethanolysis of (R,S)-1 using BMIMPF6 are shown in Figure 3.
As can be seen, the behavior was similar to that observed using BMIMBF4; at 90 ◦C (Figure 3a),

the (S) enantiomer of mandelic acid is quickly detected, once again following a double exponential
fit, at a smaller initial rate than that one obtained using BMIMBF4, but also higher if compared to
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that calculated using isooctane (Table 1). Similarly, the inversion in the stereobias at 120 ◦C is also
detected, but now the reaction proceeded very poorly compared to that depicted in Figure 2b, as only
a maximum of 6% conversion is detected for (R)-2.

2.2.2. Ethanolysis of (R, S)-1 Using RTILs Based on 1-Ethyl-3-methyl Imidazolium (EMIM) as Solvent

The results obtained using RTILs in which 1-ethyl-3-methyl imidazolium (EMIM) is the cation
are shown in Figures 4 and 5. More concretely, Figure 4 shows the reaction progress curves using
EMIMBF4 at 90 ◦C (Figure 4a) and 120 ◦C (Figure 4b).

Comparing Figure 4a (EMIMBF4) with Figure 2a (BMIMBF4), a similar comportment is observed.
As depicted in Figure 4a, the lag-time for the detection of (R)-2 was slightly higher than that observed
using BMIMPF4 and also the initial rate (4,08 vs 3.85 mM h−1, Table 2), so that it was possible to detect
only (S)-2 in the first 12 hours, reaching a concentration of 18.2 mM (around 30% conversion) with
complete enantioselectivity Once again, as the reaction proceeded and the (R)-2 enantiomer was being
produced (lag-time and single exponential models almost similar), the rate of production of (S)-2 was
reduced, so that once again the overall behavior for (R)-2 could be fitted to a double exponential curve.

When the reaction temperature is increased up to 120 ◦C (Figure 4b), a very fast kinetic resolution
can be observed. In fact, the initial rate in the generation of (S)-2 (VS = 53.4 mM h−1, Table 2) was one
order of magnitude higher than that obtained at 90 ◦C; moreover, no traces of (R)-2 were detected
during the whole reaction time, so that the shape of the progress curve fits to a single exponential plot
leading to almost 50% conversion (the maximum for a kinetic resolution) in only 2.5 hours.

Results obtained using EMIMPF6 as solvents are depicted in Figure 5. As can be seen, at both
temperatures only small traces of (R)-2 were detected, while the generation of (S)-2 followed single
exponential kinetics. At 90 ◦C, the kinetic resolution observed using this solvent (Figure 5a) was slower
(VS around one half, See Table 2, entries #8 vs #10) than that obtained with EMIMBF4 (Figure 4a),
although this fact was compensated with an absence of production of (R)-2, leading to 30% conversion
after 250 h. When increasing the temperature to 120 ◦C (Figure 5b), the kinetic resolution was slightly
slower, and the maximum conversion was half that obtained at 90 ◦C.

3. Discussion

It is generally accepted that enzymes in RTILs are more active and stable as the hydrophobicity of
the RTIL increases (see the review from Liu and co-workers [75], as well as the references cited therein).
This fact is commonly related to the higher preservation of the essential water layer surrounding the
enzyme structure, resulting in a decrease of the protein–ion interactions with a concomitant reduction
of enzyme denaturation [76]. Therefore, the use of water-immiscible RTILs, more hydrophobic than the
corresponding water-soluble ones, has been recommended [75]. However, these rules were described
for pure RTILs. In fact, mixtures of RTILs and organic solvents have been reported to increase the
catalytic activity, stability and enantioselectivity of enzymes compared to the single RTIL, probably by
reducing the viscosity of the RTIL and diminishing mass-transfer limitations [75]; on the other hand,
the proportion and the nature of the organic cosolvent is usually crucial to reach good activity and
selectivity (see [75] and references cited therein). Varela et al. [110] collected some data on theoretical
studies of mixtures of RTILs and alcohols, concluding that molecular dynamics simulations of the
solvation of alcohols in RTILs may resemble water behavior. Thus, the different regions of the bulk
RTIL can interact with the analogous (polar or apolar) parts of the solute molecules, and this fact is
pivotal for understanding both the mesomorphic structure of the mixtures as well as their dynamics,
following a pattern termed “nanostructured solvation” [110]. However, theoretical studies describing
the effect of RTIL/organic solvent mixtures on the structure of enzymes are still missing.

Particularly, the use of an apolar organic solvent (toluene) has been reported to increase
BTL2 rigidity, as deduced from molecular dynamics simulations at temperatures as high as 450◦K
(176.85 ◦C) [72], without observing any tendency for the lid to open. These same authors described that
either inserting a thin layer of water around the enzyme or promoting a single point mutation (G116P)
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would be required for retaining activity in acyl-transfer processes [72]. Additionally, another very
recent study confirmed the reduced flexibility of BTL2 in nonpolar organic solvents, using molecular
dynamics on toluene and cyclohexane, and thus confirming the enhancement of thermostability of
BTL2 in the presence of these type of solvents [38]. These theoretical studies would support our
results obtained using isooctane (Figure 1 and Table 1), where we observed how increasing the reaction
temperature up to 90 ◦C promoted a moderate rise in the reaction rate, but with no enantioselectivity,
as the lid should not open (the only water present in the medium would be that one retained in the
enzymatic liophilizate, not enough to reach a proper concentration) and therefore not upholding the
lid flexibility required for the proper enzymatic enantiodiscrimination [111,112].

It has been also described that polar solvents (water and short-chain alcohols) lead to enhanced
fluctuation of BTL2’s lid at low temperatures, but surprisingly the open conformation turned out to be
more stable in EtOH than in water or MeOH [38]. Thus, considering the beneficial effect of EtOH on
BTL2, we decide to check the catalytic performance in mixtures between different RTILs and EtOH.
As pointed out in Section 4.2, EtOH was used in a high molar excess compared to the starting substrate
(3.42 M EtOH versus 60 mM for (R,S)-1), but if we consider the molar fraction of the RTIL and EtOH,
the situation is different, as indicated in Table 3.

Table 3. Composition of the different reaction mixtures EtOH/RTIL (1 mL/4 mL, V/V).

RTIL MW 1 (g/mol)
Density 1

(g/mL)
[RTIL], M [EtOH], M Molar Fraction XRTIL

BMIMBF4 226.02 1.21 4.28 3.42 0.56
BMIMPF6 284.19 1.38 3.89 3.42 0.53
EMIMBF4 197.97 1.29 5.22 3.42 0.60
EMIMPF6 256.13 1.48 4.62 3.42 0.57

1 data from SciFinder database.

As can be seen from Table 3, the molar composition of the reaction mixture is not exactly the same,
because of the differences in the molecular weight and density of the four RTILs, although an average
value of (0.56 ± 0.04) for XRTIL can be taken as an average.

The most hydrophobic RTIL, water-insoluble BMIMPF6, is definitively not the best option for the
ethanolysis of (R,S)-1, as shown in Figure 3, neither at 90 nor at 120 ◦C; in fact, the initial rate in the
generation of (S)-2 at 90 ◦C is not the highest, although enantioselectivity is perfect (E > 200) up to 24 h.
At 120 ◦C, an inversion in the stereobias at 120 ◦C was observed, but only a maximum of 6% conversion
is detected for (R)-2. Looking at the literature, (R)-1 is the recognized enantiomer in the hydrolysis of
(R,S)-1 by wild-type BTL2 [56], as well as by some immobilized preparation of this enzyme [45], so that
the “canonical” recognition, as predicted by the well-known Kazlauskas’ rule (Scheme 2a), based on
the relative size of substituents around the stereocenter [113] would be that one depicted in Scheme 2b.
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Scheme 2. (a) Kazlauskas’ rule; (b) “canonical” recognition of (R)-1 enantiomer; (c) “noncanonical”
recognition of (S)-1 enantiomer.

Actually, the large (L) binding pockets is located at the entrance of binding site, while the other
medium (m) pocket is buried deep inside the lipase; thus, this would mean that the phenyl ring of
the (R)-substrate would be the one interacting with the cavity inside the 3D structure of BTL2 in the
canonical recognition pattern. This interaction could be caused by a π-stacking of the phenyl moiety
of (R)-1 with Phe17, a residue which changes its conformation in the open structure and allows the
access of the substrate to the catalytic serine [37]; a similar interaction has been proposed for other
aromatic substrates with lipases [114,115]. However, using BMIMPF6 at 90 ◦C, the non-Kazlauskas
recognition (Scheme 2c) is majoritarian, while increasing temperature up to 120 ◦C, an alteration of the
enantioselectivity is observed, but this could be attributed to an enzyme inactivation, as long as the
activity dropped dramatically.

Changing from BMIMPF6 (Figure 3) to BMIMBF4 (Figure 2), the resolution become faster at 90 ◦C,
(Table 2), but even better at 120 ◦C, when the inversion of the canonical recognition is absolute, up to
the point that no (S)-2 is detected at all, and the (S)-selection is maintained until the reaction ends
(after 12 h, Figure 2b). Filice et al. [116] described that the BF4 does not cause negative effects on BTL2
in aqueous media, as it happens with other lipases. However, the change of the canonical (Scheme 2b)
recognition to the non-Kazlauskas pattern (Scheme 2c) upon heating at 120 ◦C may be caused by many
possible factors. Indeed, a different hydrogen bonding arrangement is one of the reported reason for
changing the enantioselection of lipases [117,118], and it is well known that the anionic component of
a RTIL is the main responsible of establishing the hydrogen–bonding network with the enzyme [75];
anyhow, this assumption would demand a systematic molecular dynamics study, out of the scope of
this paper. In this sense, some preliminary data (not published) obtained in our group have revealed
that the half-life of an hydrogen bond between BTL2 and BMIMBF4 at 120 ◦C is twice that one in water,
partially reinforcing our hypotheses.

On the other hand, the use of more hydrophilic 1-ethyl-3-methyl imidazolium (EMIM) cation
has been recommended for BTL2 [116]. Similarly, for other lipases it has been also shown how the
shorter the alkyl chain in the cationic imidazolium, the higher the activity [119], while Filice et al.
recommended the use of hexafluorophosphate (PF6

-) combined with EMIM [116]. In fact, by looking
at the progress curves obtained in the ethanolysis of (R,S)-1 using EtOH/EMIMPF6 and depicted in
Figure 5a (90 ◦C) and Figure 5b (120 ◦C), the kinetic resolutions are quite good, although better at
90 ◦C. In any case, it is noteworthy to observe how BTL2 is totally enantioselective under these reaction
conditions, as no traces of the “canonical” (R)-2 isomer were detected.

When using EtOH/EMIMBF4 at 90 ◦C (Figure 4a), the situation is quite similar to that obtained
with BMIMBF4 (Figure 2a) or BMIMPF6 (Figure 3a); nevertheless, the kinetic resolution is much better
when using EtOH/EMIMBF4 at 120◦ (Figure 4b), as in only 2.5 h a total 50% conversion in (S)-2 is
obtained, and again no traces of the (R)-antipode are formed. To our knowledge, this is the best and
faster lipase-catalyzed kinetic resolution ever reported for enantiomers of mandelic acid.
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Thus, the best results, both in terms of reaction rate and enantioselectivity, are those obtained
using this RTIL formed by the most hydrophilic cation and the most hydrophilic anion, at 120 ◦C.
Once again, we cannot propose a certain reason to explain this behavior, as that was not the purpose of
this manuscript. According to the theoretical studies from Shehata et al. [53], the presence of EtOH in
the reaction medium would allow the fluctuation of the lid to allow the active site to get exposed and
is very compatible with BTL2 stability, as for sure EMIMBF4 has also demonstrated to be.

4. Materials

Lipase from Geobacillus thermocatenulatus was a kind gift of the Biochemistry, Genetics and
Immunology Department of the Universidad de Vigo, Spain. All solvents of the highest purity
commercially available and used without purification were purchased from Sigma-Aldrich-Fluka,
(Barcelona, Spain). All other chemicals and RTILs (1-butyl-3-methyl imidazolium tetrafluoroborate
(BMIMBF4), 1-butyl-3-methyl imidazolium hexafluorophosphate (BMIMPF6), 1-ethyl-3-methyl
imidazolium tetrafluoroborate (EMIMBF4) and 1-ethyl-3-methyl imidazolium hexafluorophosphate
(EMIMPF6) were purchased also from Sigma-Aldrich-Fluka (Barcelona, Spain).

4.1. Synthesis of (R,S) 2-(Butyryloxy)-2-phenylacetic Acid

Twenty mmol of mandelic acid in 200 mL of diethyl ether were added to 2.88 mL triethylamine
(20 mmol). Subsequently, a solution of 2.131 mL (20 mmol) butyryl chloride in 100 mL ethyl ether
was dropped. The reaction was carried out in a flask at 25 ◦C for approximately four hours, giving a
yield of 50%. Reaction progress was followed by HPLC, 1H-NMR and 13C-NMR (Bruker AC-250 (1H),
63 MHz (13C), Bruker Corporation, Billerica, MA, USA.

Simply by adding water, the unreacted acid could be separated from the ester, which remained
in the organic phase. Acid was removed performing successive washing with water. Subsequently,
organic phase was dried with anhydrous sodium sulfate and the remaining ether was removed using
rotary evaporator. Successive extraction with diethyl ether, allowed the isolation of 7 g of yellowish
oil as a final product ((R, S) 2-butanoiloxy phenyl acetic). spectroscopic data were according to those
previously reported in literature [120].

4.2. Resolution of 2-(Butyryloxy)-2-phenylacetic Acid by Alcoholysis Reaction

Reactions were carried out in closed glass vials and the temperature of the experiments varied
between 40 and 120 ◦C. In the case of isooctane, temperatures of 40, 70 and 90 ◦C were used, whereas
ionic liquids were tested at 90 and 120 ◦C. To maintain the temperature fixed, a thermostat-equipped
bath oil was used for several days. The reaction mixture included: an organic solvent or RTIL (4 mL),
2-(butyryloxy)-2-phenylacetic acid (60 mM) and ethanol (1 mL), assuring a molar excess of alcohol
versus the organic acid. Then, the enzyme (4 mg solid/mL) was added. In order to ensure that reaction
is due only to the lipase, a reaction test without lipase was carried out. As a consequence of the
employment of high temperatures, the vials were rapidly cooled down for sampling previously to
the opening to avoid any evaporation of the alcohol; thus, aliquots of 100 μL were taken at different
times. As RTILs cannot be directly injected into the HPLC (Constrametric 4100 pump, UV detector
Spectromonitor 5000, LDC Analytical, Spain), the samples were extracted with 1 mL of diethyl ether
and the solvent evaporated at room temperature; subsequently, they were re-diluted with 400 μL
hexane/2-propanol (1:1) (v/v) and filtered using syringe filters (Millex-GV (PVDF), 0.22 μm pore size).
HPLC analysis was performed using a Chiracel OD (20μm (250× 4.6 mm) chiral column, a mobile phase
composed by n-hexane/2-propanol/trifluoroacetic acid (90/9/1), a 0.8 mL/min flux and a wavelength of
254 nm. Peak assignation was determined using pure compounds as standards.

5. Conclusions

Although thermophilic enzymes can efficiently work at very high temperature, they are more
stereoselective when used at temperature below their optimal one, as they are more rigid under
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those reaction conditions. Consequently, finding a thermophilic enzyme capable to retain its activity
and stereodiscrimination capability at high temperature would lead to very fast and stereoselective
processes. In this paper, we have shown how binary mixtures of EtOH and room temperature
ionic liquids (RTILs) are an excellent reaction media for the enantioselective kinetic resolution (KR)
of racemic 2-(butyryloxy)-2-phenylacetic acid via ethanolysis catalyzed by lipase-form Geobacillus
thermocatenulatus (BTL2) at very high reaction temperatures (120◦). Thus, the KR carried out using
an EtOH/BMIMBF4 at 120 ◦C furnished (R)-mandelic acid as the only reaction product (E > 200) at
very short reaction time (12 h), while by changing the composition of the cationic moiety of the RTIL,
then using EtOH/EMIMBF4 at the same temperature of 120 ◦C, an ever faster (2.5 h reaction time) and
completely enantioselective KR led to enantiopure (S)-mandelic acid. This is the faster described KR
for this substrate. The previously reported beneficial effect of EtOH on BTL2, stabilizing its open active
conformation even at extreme temperatures, as deduced from molecular dynamics, is supporting our
results; on the other hand, the establishment of very strong hydrogen bonds between the enzyme and
the RTIL could be the responsible for the observed thermostability.
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Abstract: Arabidopsis thaliana hydroxynitrile lyase (AtHNL) catalyzes the selective synthesis of
(R)-cyanohydrins. This enzyme is unstable under acidic conditions, therefore its immobilization is
necessary for the synthesis of enantiopure cyanohydrins. EziG Opal is a controlled porosity glass
material for the immobilization of His-tagged enzymes. The immobilization of His6-tagged AtHNL on
EziG Opal was optimized for higher enzyme stability and tested for the synthesis of (R)-mandelonitrile
in batch and continuous flow systems. AtHNL-EziG Opal achieved 95% of conversion after 30 min
of reaction time in batch and it was recycled up to eight times with a final conversion of 80%
and excellent enantioselectivity. The EziG Opal carrier catalyzed the racemic background reaction;
however, the high enantioselectivity observed in the recycling study demonstrated that this was
efficiently suppressed by using citrate/phosphate buffer saturated methyl-tert-butylether (MTBE)
pH 5 as reaction medium. The continuous flow system achieved 96% of conversion and excellent
enantioselectivity at 0.1 mL min−1. Lower conversion and enantioselectivity were observed at higher
flow rates. The specific rate of AtHNL-EziG Opal in flow was 0.26 mol h−1 genzyme

−1 at 0.1 mL min−1

and 96% of conversion whereas in batch, the immobilized enzyme displayed a specific rate of
0.51 mol h−1 genzyme

−1 after 30 min of reaction time at a similar level of conversion. However, in terms
of productivity the continuous flow system proved to be almost four times more productive than the
batch approach, displaying a space-time-yield (STY) of 690 molproduct h−1 L−1 genzyme

−1 compared to
187 molproduct h−1 L−1 genzyme

−1 achieved with the batch system.

Keywords: Arabidopsis thaliana; hydroxynitrile lyase; oxynitrilase; His-tag; immobilization; batch;
continuous flow

1. Introduction

Hydroxynitrile lyases (HNLs) are enzymes that catalyze the synthesis of enantiopure cyanohydrins
(Scheme 1), known building blocks for the production of fine chemicals, pharmaceuticals and
cosmetics [1–4]. HNL catalyzed reactions are faced with two problems, the chemical formation of
racemic cyanohydrins and product racemization due to the reaction equilibrium [5]. These limitations
can be overcome by performing the reactions in buffer saturated organic solvent and adjusting the pH
to the lower limit accepted for HNLs [5,6]. These conditions are not the natural environment of HNLs,
as they have to be stabilized for instance by immobilization on a suitable carrier.
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Scheme 1. AtHNL catalyzed hydrocyanation of benzaldehyde yielding (R)-mandelonitrile.

Improved stability, activity and selectivity of immobilized enzymes have been reported earlier [7,8].
In addition, immobilization enables the increase of enzyme loading and facilitates recycling and
downstream processing. To achieve the beneficial aspects mentioned before, the characteristics of
enzyme and carrier must be considered. However, there is not a general method to immobilize an
enzyme and its feasibility must be determined experimentally [9,10].

Immobilized metal ion chromatography (IMAC) is a widely used technique for the purification
and immobilization of His-tagged enzymes. The enzyme immobilization is based on the affinity of
divalent metal ions such as Zn2+, Cu2+, Ni2+ or Co2+ to the imidazole ring of histidines. Chelated
Ni2+ on nitrilotriacetic acid (Ni-NTA) has turned out to be the most effective combination for the
purification of His-tagged proteins [11]. However, nickel induced genotoxicity, carcinogenicity and
immunotoxicity has been reported [12]. Hence, the development of a carrier with a non-toxic metal ion
is highly desirable.

A new set of carriers (EziG, provided by EnginZyme AB, Stockholm, Sweden) containing non-toxic
Fe3+ (>10 μmol g−1) on its surface has been developed for the immobilization of His-tagged enzymes.
These materials have a core made of controlled porosity glass (CPG) particles facilitating mass
transfer from reactants and products to the material due to its interconnecting pore structure (circa
1.8 mL g−1). In addition, its non-compressible non-swelling nature is an advantage compared to
NTA agarose. The porous surface can be coated with an organic polymer to tailor carriers with
different hydrophobic characteristics such as EziG Opal (hydrophilic), EziG Coral (hydrophobic)
and EziG Amber (semi-hydrophobic). Given the hydrophilic surface of His6-tagged AtHNL [13],
its immobilization was performed on EziG Opal. Moreover, EziG Opal has been found to be suitable for
reactions in organic solvents [14], a crucial property to enable the synthesis of enantiopure cyanohydrins
together with low pH required in the reaction medium [5,15–19].

Some successful studies with different immobilized enzymes on EziG carriers have been
reported earlier. An ω-transaminase was active in methyl-tert-butylether (MTBE) and a Baeyer–Villiger
monooxygenase (BVMO) together with two cofactor-regenerating enzymes displayed increased
stability [14]. An ω-transaminase from Arthrobacter sp. (AsR-ωTA) on EziG Amber was highly stable
in batch and continuous flow systems [20]. On the other hand, when an old yellow enzyme (OYE) was
immobilized on EziG Opal, poor recyclability was observed, and the initial conversion dropped to 56%
after two reaction cycles [21]. The loss of activity of OYE was assumed to be due to enzyme leaching and/or
deactivation of the enzyme. Likewise, the enzyme arylmalonate decarboxylase (AMDase) presented a
significant loss of activity during recycling studies on all EziG carriers [22]. The loss of activity of AMDase
activity on EziG carriers was explained to be due to enzyme leaching because the of the lower strength of
the coordinate bond and due to local pH changes by the acidic product of the reaction.

Enzyme catalyzed reactions in flow are gaining attention due to improved productivity, easier
downstream processing and efficiency of scale-up compared to batch systems. Reduced reaction times
and enhanced selectivity are reported benefits of performing reactions in flow [23–26]. On top of all these
benefits mentioned before, continuous flow reactions allow to optimize resource utilization, reduce
reaction volumes and consequently achieve waste reductions and lower energy consumption [27].
Furthermore, they allow handling of toxic and reactive reagents such as cyanide [28] in a safer manner.

The aim of this study is to immobilize AtHNL on EziG Opal based on the His-tag/Fe3+ affinity and
compare its performance for the synthesis of (R)-mandelonitrile with the earlier reported successful
immobilization of AtHNL on Celite by adsorption [15]. Important parameters such as stability, specific
rate and productivity were investigated in batch and flow systems.
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2. Results and Discussion

AtHNL was recombinantly produced with a His6-tag to enable its purification and immobilization
by metal-ion affinity. It was successfully overexpressed in E. coli BL21(DE3) and purified displaying
a specific activity of 136.5 ± 3.2 U mg−1. AtHNL was purified prior to its immobilization to avoid
binding of other proteins with affinity to the EziG Opal carrier.

2.1. Batch Reactions

All batch reactions were performed with AtHNL-EziG Opal tightly packed into tea bags. Earlier
research revealed that while the material of the bags had no influence on the conversion and
enantioselectivity, it was essential to pack the bags tightly [16,18,29]. A magnetic stirrer was attached
to the tea bag to enable the rotation of the immobilized enzyme and stirrer simultaneously. This set up
avoids mechanical attrition of the carrier caused by the stirrer and facilitates the manipulation of the
immobilized enzyme for recyclability studies without any loss of enzyme material. A leaching assay
showed that AtHNL did not leach from EziG Opal carrier to the reaction medium (Figure S1). Similarly,
no leaching had been reported previously for hydrocyanation reactions catalyzed by immobilized
HNLs on siliceous carriers in general and AtHNL specifically [15,16,18,29].

Once it was established that EziG Opal is a suitable carrier for the immobilization of AtHNL
(Figure S1), preliminary time studies using different enzyme loadings of AtHNL-EziG Opal for the
synthesis of (R)-mandelonitrile were performed (Figure 1). The different enzyme loadings showed a
huge difference in conversion and enantiopurity during four hours of reaction time. In these preliminary
experiments, AtHNL was immobilized on EziG Opal by incubating an enzyme solution with the
carrier in an orbital shaker (see Section 3.7 for details). The rotation enabled the enzyme to bind to the
carrier but some precipitation was observed and it might explain the results in Figure 1. On the other
hand, an earlier report [15] showed that AtHNL on Celite R-633 displayed near complete conversion
and excellent enantioselectivity after 45 min using 5 mg mL−1 (circa 400 U) and MTBE saturated
with citrate/phosphate buffer pH 5.5. The enzyme was immobilized by adsorption in that study.
In addition, the successful immobilizations of Prunus amydalus HNL (PaHNL) [16], Manihot esculenta
HNL (MeHNL) [18] and Granulicella tundricola HNL (GtHNL) [29] on Celite were also performed by
adsorbing all the enzyme solution into the carrier until saturation, which means that the enzyme
solution is completely adsorbed into the carrier, just like in the case of Celite. All these results suggest
that the immobilization of AtHNL on EziG Opal had to be optimized.

In order to optimize the immobilization of AtHNL on EziG Opal, the enzyme was immobilized
by either incubating an enzyme solution in an orbital shaker or by adding it dropwise to EziG Opal
carrier in such a way that the carrier absorbs the enzyme solution completely, as in the case of
Celite [15,16,18,29]. Additionally, the effect of drying AtHNL-EziG Opal, which might influence the
enzyme performance, was investigated. For this, AtHNL-EziG Opal was used either immediately after
its immobilization (wet AtHNL-EziG Opal) or after 16 h of drying under vacuum in a desiccator over
silica gel. Figure 2 shows the effect of drying AtHNL-EziG Opal and the immobilization method on
the bioconversions. The immobilization of AtHNL in an orbital shaker with subsequent drying had a
large negative impact on the conversion and enantioselectivity for the synthesis of (R)-mandelonitrile
(Figure 2, dotted line and diamonds). The reaction catalyzed by wet AtHNL-EziG Opal (Figure 2,
dashed line and triangles) proceeded faster and with improved enantioselectivity (92% of conversion
and 92% of enantioselectivity) as compared to the dried AtHNL-EziG Opal (43% of conversion and
63% of enantioselectivity). As drying proved to have a negative impact on the enzyme activity and
enantioselectivity, two reactions with wet AtHNL-EziG Opal immobilized by either incubation in
an orbital shaker or adsorption were performed. A faster reaction was observed when the enzyme
was immobilized by adsorption (Figure 2, continuous line and crosses), comparable to the results
with Celite [15]. Similar conversion (circa 95% in both cases) was obtained after 4 h of reaction
time, but enantioselectivity was slightly better for the enzyme immobilized by adsorption (96% ee) as
compared to the enzyme immobilized by incubation (92% ee). Surprisingly, the effect of drying on the
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reaction rate was negligible for AtHNL immobilized by adsorption on EziG Opal (Figure 2, dashed
line and dots). Conversions of circa 96% were obtained for both dried and non-dried AtHNL-EziG
Opal immobilized by adsorption within 30 min and little change was observed in the following 3.5 h.
A possible explanation is that the enzyme is immediately stabilized right after its adsorption into the
pores of the carrier, thus it is capable to endure the mechanical stress caused by the orbital shaker as
well as the drying.

Figure 1. Synthesis of (R)-mandelonitrile using different enzyme loadings. Immobilization was
performed by incubating enzyme and carrier in an orbital shaker and subsequent drying. Dashed line
and squares (20 U mg−1, final ee = 99%), solid line and dots (10 U mg−1, final ee = 63%) and dotted line
and diamonds (5 U mg−1, final ee = 23%). Conditions: Ratio benzaldehyde:HCN in citrate/phosphate
buffered MTBE, pH 5, 1:4, benzaldehyde (100 μL, 1 mmol), 2 mL HCN solution in citrate/phosphate
buffered MTBE (1.5–2 M) pH 5, 27.5 μL (0.1 mmol) 1,3,5-triisopropylbenzene as internal standard (I.S.)
and a teabag filled with AtHNL immobilized on 60 mg EziG Opal. The reaction was stirred at 900 rpm
at room temperature. Error bars correspond to the standard deviation of duplicates (n = 2) HPLC
samples of the single experiment.

The lower conversions observed when the enzyme was immobilized by incubation might be
explained by the loss of the AtHNL dimeric structure caused by the rotation in an orbital shaker. In fact,
some precipitation was observed after the incubation time. Earlier reports have shown that the enzyme
stability is enhanced by higher oligomeric states [30]. Indeed, the ability of MeHNL to form tetramers
in solution whereas AtHNL forms dimers, explained the superior stability to higher temperatures and
lower pH-values observed for MeHNL as compared to AtHNL [31]. Similarly, MeHNL proved to be
more stable than dimeric Hevea brasiliensis HNL (HbHNL) for the synthesis of (S)-mandelonitrile in a
monolith microreactor [17]. The formation of MeHNL tetrameric structures was attributed as the most
likely reason for its higher stability.

Earlier studies [15] demonstrate a significant influence of the water content on enzyme activity of
immobilized AtHNL on Celite R-633, indicating that the minimal water content of AtHNL-Celite for
retaining enzymatic activity is 10% (w/w) of the immobilized enzyme. Additionally, the stability of
MeHNL as CLEA or immobilized on Celite R-633 is highly dependent on the water entrapped in the
carrier [18,32]. This effect can be ruled out here as buffer saturated MTBE was used as solvent.

Silica carriers, such as EziG Opal, are known to catalyze the chemical racemic background
reaction [15–19,33,34] (Figures S2 and S3). However, the enantioselectivities achieved here in batch
reactions under the optimized immobilization condition demonstrated the efficient suppression of this
undesired reaction.
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Figure 2. Effect of immobilization method and drying on the synthesis of (R)-mandelonitrile.
Continuous line and crosses is the reaction with wet AtHNL-EziG Opal (adsorption), final ee = 96.2%;
dashed line and dots is the reaction with dried AtHNL-EziG Opal (adsorption) final ee = 93.8%;
dashed line and triangles is the reaction with wet AtHNL-EziG Opal (incubation in orbital shaker),
final ee = 92.3% and dotted line and diamonds is the reaction with dried AtHNL-EziG Opal (incubation
in orbital shaker), final ee = 63.3%. Conditions: Ratio benzaldehyde:HCN in citrate/phosphate buffered
MTBE, pH 5, 1:4, benzaldehyde (100 μL, 1 mmol), 2 mL HCN solution in citrate/phosphate buffered
MTBE (1.5–2 M) pH 5, 27.5 μL (0.1 mmol) 1,3,5-triisopropylbenzene as I.S. and a teabag filled with
AtHNL immobilized on 60 mg EziG Opal. All reactions were performed with enzyme loading of
10 U mg−1 and the mol ratio of monomeric AtHNL:Fe3+ was 1:5. The reaction was stirred at 900 rpm
at room temperature. Error bars of wet AtHNL- EziG Opal (adsorption), wet AtHNL-EziG Opal
(incubation) and dried AtHNL-EziG Opal (incubation) correspond to the standard deviation of duplicate
(n = 2) HPLC samples of the single experiment. Error bars of the reaction with dried AtHNL-EziG
Opal (adsorption) correspond to the standard deviation of triplicate (n = 3) HPLC samples of the
single experiment.

In addition to enzymatic activity and enantioselectivity, the stability of immobilized enzymes
is crucial in biocatalytic applications. Indeed, one of the main objectives of enzyme immobilization
is the potential for recycling the biocatalyst [4,6,35]. Since the best results for the synthesis of
(R)-mandelonitrile were obtained with wet AtHNL-EziG Opal (10 U mg−1) immobilized by adsorption,
a recyclability study was performed under these conditions (Figure 3). In order to avoid enzyme
overloading on the carrier which might lead to misinterpretations in the recyclability study, the mol
ratio of monomeric AtHNL:Fe3+ used was 1:5, thus ensuring any enzyme deactivation is visible during
the reaction cycles. Near complete conversion and excellent enantioselectivity (>99%) were observed
during 7 cycles. When 10 U mg−1 of the enzyme were immobilized by incubation in an orbital shaker
and subsequent drying, the recycling was unsuccessful (data not shown), whereas an enzyme loading
of 20 U mg−1 led to a biocatalyst that could be recycled five cycles (Figure S4).

Figure 3 shows that EziG Opal enables to recycle AtHNL over several cycles with good conversion
and enantioselectivity under the conditions of this study; accomplishing one of the main objectives
of enzyme immobilization. Similarly, AtHNL on Celite displayed good conversion (>95%) and
excellent enantioselectivity (>98% ee) during five consecutive reaction cycles [15]. Also, the successful
recyclability of ω-transaminase from Arthrobacter sp. (AsR-ωTA) immobilized on EziG Amber
(semi hydrophobic polymer surface) has been reported [20]. The immobilized AsR-ωTA (10 mg,
10% enzyme loading, w w−1) was used for the kinetic resolution of rac-α-methylbenzylamine during
16 consecutive reaction cycles with excellent conversion and enantioselectivity. On the other hand,
poor recyclability was recently reported [21] for the bioreduction of α-methyl-trans-cinnamaldehyde
with a co-immobilized preparation of old yellow enzyme 3 (OYE3) and glucose dehydrogenase (GDH)
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on EziG Opal (OYE3/GDH- EziG Opal). The conversion dropped to 56% after only two reaction
cycles. However, it is worthy to mention that after 11 cycles (almost no conversion) the addition of
GDH increased the conversion up to 30% suggesting that GDH was gradually deactivated or leached
from the carrier over the reaction cycles. Also, the synthesis of enantiopure (S)-arylpropinate using
arylmalonate decarboxylase (AMDase) immobilized on three EziG carriers with different surface
hydrophobicity has been reported [22]. The best activity was obtained with the hydrophilic carrier
(EziG Opal). Unfortunately, the enzyme was nearly fully deactivated after the second reaction cycle for
the three EziG carriers. This significant loss of enzymatic activity was attributed to enzyme leaching or
local pH shifts inside the porous carriers.

Figure 3. Recycling of wet AtHNL-EziG Opal (10 U mg−1) in eight successive cycles. Immobilization
was performed by adsorption. Conversion (bars), enantiomeric excess (dotted line and triangles).
Conditions: Ratio benzaldehyde:HCN in citrate/phosphate buffered MTBE, pH 5, 1:4, benzaldehyde
(100 μL, 1 mmol), 2 mL HCN solution in citrate/phosphate buffered MTBE (1.5–2 M) pH 5, 27.5 μL
(0.1 mmol) 1,3,5-triisopropylbenzene as I.S. and a teabag filled with AtHNL immobilized on 60 mg
EziG Opal. Mol ratio of monomeric AtHNL:Fe3+ was 1:5. The reaction was stirred at 900 rpm at room
temperature. The enzyme was washed for 1 min with 100 mM citrate/phosphate buffer saturated MTBE
pH 5 after each cycle. Reaction time: 1 h. Error bars correspond to the standard deviation of duplicates
(n = 2).

2.2. Continuous Flow Reactions

Immobilization enables the use of enzyme catalyzed synthesis reactions in continuous flow. Several
advantages have been reported for this approach such as increased productivity, enhanced stability,
reduced enzyme inhibition and easier downstream processing [26,36,37]. In addition, the reduced risk
of manipulation of hazardous reagents, such as hydrogen cyanide, due to the smaller reaction volume
used for the biocatalytic reactions is advantageous [28].

AtHNL was immobilized on EziG Opal in accordance with the optimized method (adsorption
+ wet AtHNL-EziG Opal) developed for batch reactions and tested in a continuous flow reactor
(CFR). Figure 4 shows the synthesis of (R)-mandelonitrile at different flow rates. Near complete
conversion and excellent enantioselectivity were achieved at 0.1 mL min−1. An important decrease in
enantioselectivity was observed at flow rates above 0.2 mL min−1 suggesting that AtHNL on EziG
Opal suffers from the competing chemical background reaction catalyzed by the carrier. Indeed, the
reduced enantioselectivity could be explained as the result of the carrier catalyzed chemical reaction
(Figure S3). Water content and pH had a major impact on the synthesis of rac-mandelonitrile. Pure
EziG Opal formed circa 5% of rac-mandelonitrile due to the chemical background reaction whereas
the addition of 306 μL of phosphate buffer pH 5 (same volume used for the enzyme immobilization)
increased its formation up to 26% at 0.1 mL min−1 (Figure S3).
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Figure 4. Synthesis of (R)-mandelonitrile using wet AtHNL-EziG Opal (10 U mg−1) in a CFR.
Immobilization was performed by adsorption. Conversion (bars), enantiomeric excess (dotted line
and triangles). Conditions: benzaldehyde (0.5 M), HCN solution in citrate/phosphate buffered MTBE
(1.5–2 M) pH 5, 1,3,5-triisopropylbenzene (50 mM, I.S.), a CFR with AtHNL immobilized on 150 mg EziG
Opal. Mol ratio of monomeric AtHNL:Fe3+ was 1:4. Reactions were performed at room temperature.
Error bars correspond to the standard deviation of triplicates (n = 3).

The stability of AtHNL-EziG Opal was evaluated in the synthesis of (R)-mandelonitrile at
0.1 mL min−1 during 12 h on continuous operation. At this flow rate near complete conversion was
achieved with a mol ratio of monomeric AtHNL:Fe3+ of 1:4, thus the robustness of the reaction system
could be evaluated. Overall, AtHNL-EziG Opal displayed good conversion and high enantioselectivity
during the stability study (Figure 5). Conversion of 74% and enantioselectivity of 89% respectively
were achieved after 12 h of continuous operation. The decreased conversion and enantioselectivity
after 12 h might be explained by enzyme deactivation due to the low pH 5 and the chemical reaction
catalyzed by the carrier.

Figure 5. Stability of wet AtHNL-EziG Opal (10 U mg−1) in continuous flow at 0.1 mL min−1.
Immobilization was performed by adsorption. Conversion (bars), enantiomeric excess (dotted line
and triangles). Conditions: benzaldehyde (0.5 M), HCN solution in citrate/phosphate buffered MTBE
(1.5–2 M) pH 5, 1,3,5-triisopropylbenzene (50 mM, I.S.), a CFR with AtHNL immobilized on 150 mg
EziG Opal. Mol ratio of monomeric AtHNL:Fe3+ was 1:4. Reactions were performed at room
temperature. Error bars correspond to the standard deviation of duplicates (n = 2) during the first 7 h.
From hour 8, error bars correspond to the standard deviation of duplicates (n = 2) HPLC samples of the
single experiment.
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2.3. Comparison between Batch and Continuous Flow Systems

The comparison of the performance of the batch and continuous flow systems cannot be made
based on conversions due to the different set ups used. To establish a clear comparison regarding the
performance of AtHNL-EziG Opal in batch and continuous flow, the specific rate and space-time-yield
(STY) at a similar level of conversion were calculated.

The specific rate at 0.1 mL min−1 (96% of conversion) was 0.26 mol h−1 genzyme
−1, surprisingly, it

is half of the specific rate calculated in batch. At 0.4 mL min−1, a similar rate (0.53 mol h−1 genzyme
−1)

was observed as compared to the batch system. However, the reduced conversion (49%) might make
downstream processing more problematic. Higher flow rates did not further improve the specific
rate. AtHNL-EziG Opal in batch displayed higher specific rate (0.51 mol h−1 genzyme

−1) compared to
AtHNL-Celite [15] (0.20 mol h−1 genzyme

−1) at 96% of conversion. In both cases the reported conversion
was achieved after 30 min reaction time.

Previously, AtHNL was immobilized on Celite R-633 [19] and tested for the synthesis of
(R)-mandelonitrile, the reaction in flow using a packed bed reactor did not enhance the rate of
the reaction as compared to the batch system; the best specific rate calculated for the continuous flow
system was 0.04 mol h−1 genzyme

−1 at 0.04 mL min−1 (85% of conversion), whereas the batch system
showed 0.07 mol h−1 genzyme

−1 (circa 91% of conversion). These results are circa six and seven-fold
lower as compared to the best specific rate in flow (0.1 mL) and batch respectively reported in this
study. In another study [17], the continuous flow synthesis of (S)-mandelonitrile with immobilized
HbHNL on a siliceous monolith microreactor was 8 times faster as compared to the batch system and
displayed a specific rate of 0.50 mmol min−1 genzyme

−1 at circa 95% conversion and 0.2 mL min−1.
This result is twice the specific rate observed for AtHNL-EziG Opal at a similar level of conversion
and might be explained by diffusion limitation due to the partial blockage of the pores of EziG Opal
during the enzyme immobilization by adsorption. The irregular structure of the microchannels and
mesopores found in monolith microreactors overcome this limitation.

The space-time-yield (STY) is a parameter commonly used to compare the productivity of reactors
with different size. Batch systems often require rapid stirring to reduce mass transfer limitations that
may shorten the lifetime of the immobilized enzyme. On the other hand, stirring is not required in flow,
thus this problem is avoided, and better productivities can be achieved [17,25,29]. Indeed, the AtHNL
on EziG Opal catalyzed synthesis of (R)-mandelonitrile in flow displayed a STY of 690 molproduct h−1

L−1 genzyme
−1, whereas the batch approach led to only 187 molproduct h−1 L−1 genzyme

−1 showing that
the flow system greatly enhanced productivity. In batch, a similar productivity has been achieved
previously with AtHNL-Celite (150 molproduct h−1 L−1 genzyme

−1) [15].
Comparing the results for AtHNL of this study with the literature reports again demonstrates the

advantages of flow chemistry. The synthesis of (S)-mandelonitrile in a siliceous monolith microreactor
using either Hevea brasiliensis HNL (11.3 mg total protein; 1120 U per monolith) or Manihot esculenta HNL
(17.4 mg total protein; 1310 U per monolith) showed STYs of 555 and 405 molproduct h−1 L−1 genzyme

−1 [17].
Recently, a ω-transaminase from Arthrobacter sp. (AsR-ωTA) was immobilized on EziG Amber
(semi-hydrophobic carrier) for the kinetic resolution of rac-α-methylbenzylamine (rac-α-MBA) [20].
The enzyme was shown to be highly stable on this carrier and was able to perform the kinetic resolution
of rac-α-MBA during 96 consecutive hours with excellent enantioselectivity (49% conversion and 99%
ee). This flow system achieved a space time yield of 184 molproduct h−1 L−1 genzyme

−1. The productivities
reported in this study are comparable with the productivities reported for immobilized HNLs on
siliceous carriers and other enzymes on EziG carriers.

3. Materials and Methods

3.1. Chemicals

Except when reported otherwise all chemicals were bought from Sigma Aldrich (Schnelldorf,
Germany). Isopropanol and heptane were of HPLC grade (≥99%) and used as HPLC solvents.
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1,3,5-triisopropylbenzene (97%) was from Fluka Chemie (Buchs, Switzerland). Potassium cyanide
(KCN, 97%) from J.T. Baker (Deventer, The Netherlands) was used as cyanide source in the HCN
solution. (±)-Mandelonitrile from Acros Organics (Geel, Belgium) was purified by flash chromatography
(PE/MTBE 9:1/3:7).

3.2. Heterologous Expression of Arabidopsis Thaliana HNL (AtHNL)

pET28a-AtHNL expression plasmid containing the AtHNL gene (GenBank accession number
AAN13041, EC:4.1.2.10) codon optimized for E. coli and with a polyhistidine tag (His6-tag) (see Table S1)
was obtained from the group of Martina Pohl (Institute of Bio-and Geosciences, Jülich, Germany). E. coli
BL21(DE3) was transformed with the expression plasmid for the production of the His-tagged AtHNL.
A preculture was prepared by inoculating one single colony of E. coli BL21(DE3)-pET28aAtHNL
in 10 mL of Lysogeny Broth (LB) medium with kanamycin (40 μg mL−1) and incubated overnight
(Eppendorf/New Brunswick Scientific Incubator Shaker Excella E24 Series, Nijmegen, The Netherlands)
at 37 ◦C, 180 rpm. Subsequently, this preculture was used for the inoculation of 1 L of Terrific Broth (TB)
medium containing kanamycin (40 μg mL−1) and incubated at 37 ◦C, 120 rpm. When the OD600 reached
0.7–0.9 the protein expression was induced by adding 1 mL of 0.1 M isopropyl β-d-thiogalactoside
(IPTG) per liter of culture (0.1 mM IPTG final concentration) and cultivation was continued at 25 ◦C,
180 rpm for 20 h.

Cells were harvested by centrifugation at 4 ◦C, 3600× g rpm during 20 min (Sorvall RC6, Thermo
Fisher Scientific, Landsmeer, The Netherlands). The supernatant was discarded and the pellets were
washed with 30 mL of 10 mM sodium phosphate buffer pH 7, frozen in liquid nitrogen and stored at
−80 ◦C.

3.3. Enzyme Purification

The pellets containing AtHNL were resuspended in lysis buffer (10 mM potassium phosphate
buffer pH 7.4+DNase) and lysed in a cell disruptor (Constant Systems Ltd., Daventry, United Kingdom)
at 1.5 kBar and 4 ◦C to avoid protein denaturation. The cell free extracts were collected by centrifugation
at 48,000× g, 1 h, 4 ◦C (Sorvall RC6, Thermo Fisher Scientific, Landsmeer, The Netherlands). The enzyme
was purified by using a NGC Chromatography system (Bio-Rad, Veenendaal, The Netherlands) by
immobilized metal ion chromatography (IMAC) with chelating Ni2+ Sepharose (HiTrap Chelating HP
5 mL, GE Healthcare) according to the manufacturer [38]. 20 mM sodium phosphate + 0.5 M NaCl +
20 mM imidazole pH 7.4 was used for the enzyme binding and 20 mM sodium phosphate + 0.5 M
NaCl + 0.5 M imidazole pH 7.4 was used for the enzyme elution.

The purified AtHNL was concentrated with a 10 kDa MWCO Amicon filter (Millipore,
Amsterdam-Zuidoost, The Netherlands) and desalted with a PD-10 desalting column (Cytiva,
Medemblik, The Netherlands) according to the supplier instructions [39].

3.4. Enzymatic Activity Aassay

AtHNL activity was determined spectrophotometrically (Agilent Technologies Cary 60 UV-VIS,
Amstelveen, The Netherlands) according to the literature [15] with slight modifications. The cleavage of
rac-mandelonitrile into benzaldehyde and hydrogen cyanide was followed at 280 nm and 25 ◦C in 1 cm
quartz glass cuvettes. Briefly, 1400 μL of 50 mM citrate/phosphate buffer pH 5 and 200 μL of enzyme
solution (in 5 mM phosphate buffer pH 6.5) were mixed and incubated for 30 s at 25 ◦C. The reaction
was started by adding 400 μL of 60 mM rac-mandelonitrile solution (80 μL of rac-mandelonitrile
in 10 mL 3 mM citrate/phosphate buffer, pH 3.5). The enzymatic activity was calculated with the
molar extinction coefficient of benzaldehyde (ε280 = 1.376 mM−1 cm−1) and the background reaction
(performed without enzyme) was subtracted in the final calculation.

One unit of AtHNL activity is the amount of micromoles of rac-mandelonitrile converted per
minute in citrate/phosphate buffer pH 5 at 25 ◦C.
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3.5. Synthesis of Hydrogen Cyanide (HCN) Solution in MTBE

A HCN solution in MTBE was made according to earlier studies [15–19,29]. 25 mL MTBE and
10 mL MilliQ water were mixed in a 100 mL Erlenmeyer and kept at 0 ◦C. 0.1 mol potassium cyanide
(6.51 g) was dissolved in the mixture and magnetically stirred for 15 min. 10 mL of 30% (v/v) HCl
solution was added slowly and stirring was continued for 2 min. The HCN solution was allowed
to reach room temperature (circa 20 ◦C). The organic and aqueous phases were separated using a
separation funnel and the organic layer containing HCN was collected. The separation was performed
twice more after adding 7 mL of MTBE each time. Finally, 5 mL of 50 mM citrate/phosphate buffer pH
5 was added to the organic fraction collected and it was stored in a dark bottle at 4 ◦C.

The HCN concentration was determined in accordance to the literature [40]. 1 mL of HCN solution
was added to 5 mL of 2 M NaOH in a 25 mL Erlenmeyer. The mixture was stirred for 2 min. Potassium
chromate was added as indicator. The solution was titrated with 0.1 M silver nitrate. The cyanide
reacts 1:1 with the silver and precipitates.

3.6. Immobilization of AtHNL on EziG Opal by Adsorption

The immobilization of AtHNL on EziG Opal by adsorption was performed as described
previously [16,18,29]. Given volumes of AtHNL solution were concentrated in Amicon filters with a
10 kDa MW cut-off, and subsequently added dropwise to 60 mg of EziG Opal (batch) or 150 mg of
EziG Opal (flow). For batch reactions, AtHNL-EziG Opal was tightly packed in a regular paper tea
bag [16,29] and either directly used for biocatalytic reactions or dried 16 h under vacuum in a desiccator
over silica gel before packing. A magnetic stirrer was attached to the tea bags as reported earlier [16,29]
to ensure tight packing and rapid stirring without mechanical attrition of the carrier. Reactions in
flow were performed with wet AtHNL-EziG Opal (without drying and packing). The ratio of enzyme
solution to carrier (μL:mg) was 2:1 in all cases to ensure that the enzyme solution was completely
absorbed by the carrier. The immobilization of different enzyme units was achieved by determining
the enzyme activity and adjusting the amount of enzyme solution before its concentration.

3.7. Immobilization of AtHNL on EziG Opal by Incubation

The immobilization of AtHNL on EziG Opal by incubation was performed according to the
manufacturer (see the instruction manual in the supplementary information). 2 mL of enzyme solution
with the required units to be immobilized was incubated with 60 mg of carrier in an orbital shaker
(model RM:2M) at 30 rpm during 2 h at room temperature. The binding of the enzyme to the carrier
was monitored by determining the protein concentration of the supernatant after immobilization using
the BCA protein determination (Pierce BCA protein assay kit, Thermo Fisher Scientific, Landsmeer,
The Netherlands) in accordance with the manufacturer instructions [41].

3.8. Synthesis of (R)-Mandelonitrile in Batch

Several (R)-mandelonitrile syntheses were performed with 60 mg of immobilized AtHNL-EziG
Opal. The reaction conditions were as follows: 100 μL benzaldehyde (1 mmol), 27.5 μL 1,3,5-
triisopropylbenzene (internal standard (I.S.)), 2 mL HCN in 50 mM citrate/phosphate buffered
MTBE pH 5 (1.5–2 M), tea bag filled with 60 mg immobilized enzyme, 900 rpm and room temperature.
The ratio benzaldehyde to HCN solution was 1:4. The mole ratio AtHNL:Fe3+ was 1:5.

3.9. Enzyme Recyclability in Batch

The enzyme recyclability was determined by several cycles of (R)-mandelonitrile synthesis
according to [15,16,18,29]. The reaction conditions were as follows: benzaldehyde (100 μL, 1 mmol),
27.5 μL 1,3,5-triisopropylbenzene (I.S.), 2 mL HCN in 50 mM citrate/phosphate buffered MTBE pH 5
(1.5–2 M), tea bag filled with 60 mg immobilized enzyme, 900 rpm and room temperature. The ratio
benzaldehyde to HCN solution was 1:4. The mol ratio AtHNL:Fe3+ was 1:5. Between each cycle the
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immobilized enzyme was washed for 1 min with 50 mM citrate/phosphate buffered MTBE, pH 5,
and stored at 4 ◦C in fresh citrate/phosphate buffered MTBE, pH 5.

3.10. Synthesis of (R)-Mandelonitrile in Continuous Flow

One milliliter stainless steel flow reactor (6.4 cm length, 0.45 cm inner diameter) was used for
the continuous synthesis of (R)-mandelonitrile with 150 mg of immobilized AtHNL on EziG Opal
(10 U mg−1). The reactor was filled with 100 mg of non-porous glass beads (1 mm diameter) and
150 mg of EziG Opal containing immobilized enzyme (final reaction volume = 0.3 mL). 10 cm of
polytetrafluoroethylene (PTFE) tubing with 1.5 mm inner diameter was used to connect a syringe
pump (Knauer, Germany) with the reactor. Initial conditions were as follows: 0.5 M benzaldehyde,
1.5–2 M HCN in 100 mM citrate/phosphate buffered MTBE, pH 5 and 50 mM 1,3,5-triisopropylbenzene
asI.S.. The synthesis of (R)-mandelonitrile was evaluated at different flow rates (from 0.1 to 1 mL min−1)
by chiral HPLC. The mole ratio AtHNL:Fe3+ was 1:4. The flow rate was checked at each sampling time
by the difference of weight. Reactions were performed at room temperature. No significant pressure
drop or increase was observed within the timeframe of the experiments.

3.11. Enzyme Stability in Continuous Flow

The stability of immobilized AtHNL on EziG Opal (10 U mg−1) was evaluated by performing
a synthesis reaction during 12 h at 0.1 mL min−1 on stream at room temperature. The mol ratio
AtHNL:Fe3+ was 25%. Samples were drawn at regular intervals and analyzed by chiral HPLC.

3.12. Analysis

Samples (10 μL) were taken at different times during the reaction run and added to 990 μL
of heptane:2-propanol 95:5 in 1.5 mL Eppendorf tubes. A small amount of anhydrous magnesium
sulphate (MgSO4) was used to remove the water from the solution and the Eppendorf tubes were
centrifuged at 13,000× g rpm for 1 min. 850 μL of the supernatant was transferred to a 4 mL HPLC vial
and 10 μL was injected into the HPLC (Chiralpak AD-H column, column size: 0.46 cm I.D × 25 cm).
Heptane and 2-propanol were used as mobile phase with a flow rate of 1 mL min−1 and the UV detector
was set at 216 nm. The column temperature was set at 40 ◦C. The samples in the autosampler were
maintained at 4 ◦C.

4. Conclusions

AtHNL was successfully immobilized on EziG Opal by an optimized methodology. AtHNL-EziG
Opal was recycled up to seven times in batch with nearly complete conversion and excellent
enantioselectivity. The continuous flow system displayed excellent conversion and enantioselectivity at
0.1 mL min−1 and allowed to increase four times the productivity for the synthesis of (R)-mandelonitrile
as compared to the batch system.

Supplementary Materials: The following information is available online at http://www.mdpi.com/2073-4344/10/
8/899/s1, Figure S1: Leaching assay of AtHNL-EziG Opal, Figure S2: Blank reaction in batch, Figure S3: Blank
reaction in flow, Figure S4. Recycling of AtHNL-EziG Opal (20 U mg−1) in eight successive cycles. Figure S5.
HPLC detection of benzaldehyde and 1,3,5-triisopropylbenzene during 8 h of incubation, Table S1: AtHNL gene
and Amino acid sequences.
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Abstract: Estolides are fatty acid polyesters with applications in both industry and consumer products.
Recently, reports have emerged detailing lipase-catalyzed synthesis of estolides from free hydroxy
fatty acids. In this paper, we describe a simple alternative enzymatic process, in which castor
oil is directly converted to an estolide mixture by Candida antarctica lipase A (CALA) catalyzed
transesterification. The reaction mixture is analyzed by NMR to determine the estolide number (EN)
and MALDI MS to identify individual components, in addition to titration to determine the acid
value (AV). Estolide trimers and tetramers (EN 2–3) were formed over 24 h in a system with 2:1 (v/v)
castor oil–water. Further, utilizing different lipase specificities, addition of Thermomyces lanuginosus
lipase (TLL), allowed the CALA product mixture to be cleaned up by hydrolyzing attached glycerol.
In addition, a three-enzyme process is suggested, in which a simple alcohol is added and Candida
antarctica lipase B (CALB) is used to esterify carboxylic acids to lower AV.

Keywords: estolides; castor oil; lipase; candida antarctica lipase A

1. Introduction

Estolides are a class of fatty acid polyesters with interesting biological properties [1]. Further,
synthetic estolides have recently received increasing attention. Attractive physical properties, including
improved hydrolytic stability compared to glycerides, while being biodegradable and originating
from renewable resources, has spurred interest in diverse industrial uses, like as biolubricants [2–4],
plasticizers [5], and applications to provide emulsification or a viscosity increase [6].

Estolides can be prepared from hydroxy fatty acids by esterification (Figure 1), or from unsaturated
fatty acids by the acid-catalyzed addition to the double bond [7–9]. Harsh conditions can however
result in colored products and undesired side reactions that would require extra costs for purification.
Enzymatic synthesis of estolides using lipases has therefore been investigated as an alternative to
overcome this [2,3,10–15]. The enzyme-mediated reactions promise mild reaction conditions such
as ambient temperature and pressure and neutral pH. Together with high selectivity this results in
very clean reactions. Like the acid-catalyzed routes, control of polymerization degree (chain length)
however continues to be a challenge. A chemical alternative with utilization of protecting groups seeks
to address this but appears cumbersome and costly in large scale [16].

 
Figure 1. An estolide trimer based on ricinoleic acid.

Castor oil contains 90% ricinoleic acid (12-hydroxy-9-cis-octadecenoic acid) and is therefore a
natural starting point for estolide synthesis. The reported enzymatic approaches however typically
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go through hydrolysis of castor oil to produce free ricinoleic acid, or start from commercial ricinoleic
acid, which is then condensed to estolides [2,3,9,10,14,15]. What we report here is the lipase-catalyzed
synthesis of estolides directly from castor oil by transesterification in a green process using only water
as solvent and producing only glycerol as byproduct.

2. Results

2.1. Lipase Screening

2.1.1. Liquid Enzymes

Commercial production of estolides from ricinoleic acid would first involve fat splitting of castor
oil. As an alternative to this, lipases may be able to catalyze the direct transesterification of castor
oil into estolides. To investigate this, a range of Novozymes’ lipolytic enzymes were assayed. This
included the Candida antarctica lipase A (CALA), the Candida antarctica lipase B (CALB), as well as
lipases from Thermomyces lanuginosus (TLL), Rhizomucor miehei (RML), and Geotrichum candidum (GCL),
and finally a genetically engineered variant of Humicola insolens cutinase (HIC). To enable a high
throughput for screening different conditions, reactions were conducted in parallel in a sealed 24-well
round-bottom deep-well plate, with efficient magnetic stirring in all wells using a custom-designed
stirrer-hotplate. The lipases were assayed in a system with castor oil–water (2:1) at 40 ◦C for 24 h, after
which estolide formation was determined quantitatively by 1H NMR, and hydrolysis was quantified
by titration of free carboxylic acids. In Table 1, this is reported as the average estolide number (EN)
and the acid value (AV), respectively.

Table 1. Lipase screening.

Lipase EN AV

Blank 0.0 2
CALA 2.45 25
CALB 0.02 25
TLL 0.05 79
RML 0.09 110
GCL 0.52 43
HIC 0.45 88

The EN is the number of ricinoleic acid units added to a base unit. The NMR analysis relied on
the esterified ricinoleic acid CH-OR signal at 4.8–4.9 ppm and the non-esterified ricinoleic CH-OH
signal at 3.6–3.7 ppm. The EN was directly found as the ratio of these two integrals. Based on this
NMR quantification, CALA clearly resulted in the most significant estolide formation while keeping
a relatively low degree of hydrolysis. This demonstrates a significant enzymatic preference for a
lipophilic nucleophilic donor, to catalyze the transesterification over hydrolysis, even in a system with
abundant water.

Since the NMR analysis only describes average properties, MS-methods were investigated to
identify and characterize individual components in the reaction mixtures. LC-MS analyses provided
some chromatographic separation on a C18 RP-column, whereas the coupling to ESI-MS with application
of MS2 and MS3 methods, allowed isobaric substances to be studied further. Specifically, loss of
the oleate radical m/z 280, from fragmentation of the secondary -CH-OR, was frequently identified.
For providing an overview of the species, MALDI MS was however preferred. As expected, such
analysis revealed a mixture of estolide oligomers, as well as glycerides and glyceride/estolide hybrids
(glycerol-containing estolides). Several isomers have the same molecular mass. In Figure 2, these
are shown schematically and grouped in structural classes. Pure estolides are referred to as E# and
glycerides are called G#. The number (#) denotes the estolide number. MALDI analysis of the CALA
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reaction identified estolides up to E4 and glycerides up to G6. The other lipases, also showing less
estolide formation by NMR, formed only the smaller components (Table 2).

 

Figure 2. Structures of estolides (E) and glycerides (G). Within each glyceride group (G1–G6) the
different isomers have identical chemical formulas and masses (not all isomers are shown).

Table 2. MALDI MS analysis of product mixtures from lipase screening, showing presence (+) and
absence (-) of ricinoleic acid (R), estolides (E1–E4), and glycerides (G1–G6).

Lipase R E1 E2 E3 E4 G1 G2 G3 G4 G5 G6

CALA + + + + + + + + + + +
CALB + - - - - - + - - - -
TLL + - - - - + + - - - -
RML + - - - - + + - - - -
GCL + + + - - + + + - - -

2.1.2. Immobilized Enzymes

Since water concentration is expected to play a significant role in the reaction, a few experiments
were also conducted with immobilized lipases. These included both the already tested lipases, as
well as the Candida rugosa lipase. All were immobilized on polymethacrylate resin beads. Reactions
were conducted both in the absence of added water, and with a 2:1 oil–water ratio. Interestingly,
none of the enzymes performed as well as seen with the liquid enzymes. Immobilized CALA only
provided a modest average EN = 0.18. The significant difference between reactions catalyzed by free
and immobilized enzymes could be related to transport limitations in the viscous oil and 3-phase
system with oil, water, and the porous support material.

2.2. Optimizing the CALA Reaction

2.2.1. Temperature

Performing the CALA reaction at 25 ◦C, 40 ◦C, and 65 ◦C, resulted in EN of 1.38, 2.13, and
2.03, respectively. MALDI MS characterization showed identical results for the three temperatures,
with ricinoleic acid (R), E1–E4, and G1–G5 being identified. Based on this, it was decided to fix the
temperature at 40 ◦C in the following experiments.

2.2.2. Water Content

To determine optimal water content, volume of the water phase was varied (Figure 3). No added
water resulted in fluctuating results, whereas a plateau was obtained around 10–40% water with EN =
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2–2.5. More water resulted in lower conversions. The estolides and glycerides identified with MALDI
MS followed the conversion, i.e., up to E4 and G6 were found in the reactions with high EN, whereas
only the lower species were found in reactions with lower conversion (MALDI MS data shown in
Supplementary Material, Table S1). For subsequent experiments, it was decided to maintain the 33%
water phase (2:1 oil–water ratio).

Figure 3. EN measured by NMR as a function of added water to the reaction (% of total reaction
volume). Some reactions were performed in duplicates or triplicates.

2.2.3. Time Course

Using 40 ◦C and 2:1 oil–water, EN was followed over time. As shown in Figure 4, estolide
formation initially increased rapidly, then leveled off, reaching EN = 2.40 after 24 h and EN = 2.67 after
48 h. The MALDI MS data further showed that the longer oligomers are only formed slowly. Only in
the 24 h reaction mixture (and later) can E3 and E4 be identified.

2.2.4. pH-Effect

Results so far indicate that polymerization stops after E4. It was speculated, that this could be
explained by enzyme inactivation resulting from a pH-drop when free fatty acids are released. To
examine this, phosphate buffer pH 7.0 was tested as the aqueous phase. Whereas the unbuffered
system resulted in a pH-drop to 5, 100 mM phosphate resulted in pH 6, and 500 mM phosphate
maintained pH 7. However, upholding pH 7 did not result in higher EN, indicating that other factors
are limiting further reaction.
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Figure 4. EN measured by NMR as a function of reaction time.

2.3. Two-Enzyme Process

2.3.1. Reaction Sequence

The MALDI MS results clearly show that a mixture of both estolides and glycerides in different
lengths are formed. Removing the glycerol from G1–G6 by selective hydrolysis would convert them to
estolides E1–E6, thereby effectively cleaning up the reaction mixture. Classical lipases such as TLL
are known for their ability to hydrolyze glycerides. On this background, two-enzyme reactions were
evaluated, combining the specificities of CALA and TLL. This involved both reactions with (i) CALA
being added first to produce the estolides mixture, followed by glyceride hydrolysis by TLL; and (ii)
TLL added first to procedure ricinoleic acid, followed by condensation to estolides by CALA; and (iii)
both enzymes added together. In the two former approaches, the water phase was removed after step
one, before adding the 2nd enzyme. However, only option (i) the two-step reaction with CALA first,
produced good conversion to estolide (Table 3). Remarkably, due to the specificity of TLL toward
glycerides, only very little estolide hydrolysis was observed. The MALDI MS analysis confirmed that
the TLL treatment in “process (i) step 2” indeed does clean up the reaction mixture by converting
glyceride oligomers to estolides (Table 4).

Table 3. EN measured by NMR for two-enzyme processes.

Step 1 Step 2

(i) CALA, TLL 2.70 2.70
(ii) TLL, CALA 0.05 0.56
(iii) CALA+TLL 0.61 -

Table 4. MALDI MS analysis of product mixtures from two-enzyme processes.

Process R E1 E2 E3 E4 G1 G2 G3 G4 G5 G6

(i) step 1 + + + + + + + + + + +
(i) step 2 + + + + + - - - - - -
(ii) step 1 + - - - - + + - - - -
(ii) step 2 + + + - - + + + - - -

(iii) + + + - - + - - - - -
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2.3.2. Scale up

The two-enzyme process was performed in larger scale to provide material for further studies
and to determine the isolated product yield. Hence, reaction setup was round-bottom flasks with
magnetic stirring in a thermostat bath. Starting out with 50 g castor oil, the oil phase was reduced to 43
g after step 1 and further to 35 g after step 2. Assuming castor oil (MW 933 g/mol) is all converted to
the estolide trimer E2 (MW 859 g/mol), this corresponds to a yield of 76%. The loss seems to be due
to inefficient phase separation when water phases are removed, which may be improved with better
centrifugation. NMR analysis resulted in EN = 2.45 after step 2. The glyceride to estolide conversion
was again confirmed by MALDI MS (Figure 5).

 

Figure 5. MALDI MS analysis of two-enzyme reaction, step 1 (top) and step 2 (bottom). E1–E4 are
marked with blue, while glycerides G1–G6 are marked with red (with theoretical m/z for [M+Na]+).

2.4. Three-Enzyme Process

It was speculated that further modification of the reaction mixture from the two-enzyme process,
specifically esterification of the free carboxylic acids, could result in attractive low-AV estolides. This
is especially important for biolubricants, and other applications involving contact with machinery.
Therefore, a three-enzyme process was preliminarily investigated, in which the product from the
two-step process was further reacted with 1-hexanol, catalyzed by immobilized CALB (Novozym 435).
After removing the immobilized enzyme by filtration and evaporating excess 1-hexanol, the estolide
mixture was analyzed by MALDI MS. This clearly showed significant formation of hexyl esters of all
estolides (+84 Da, see MALDI MS spectrum S2 in Supplementary Material). NMR showed a triplet
signal at 4.05 ppm resulting from the -CH2O- of hexyl esters (see NMR spectrum S3 in Supplementary
Material). From the NMR integrals it appears that 49% of the estolide oligomers are hexyl esters.
Further reaction can likely be obtained through optimization of conditions, e.g., removing water to
drive the equilibrium.

3. Discussion

CALA is known for its ability to accommodate bulky secondary alcohols [17]. Here, the lipase
further demonstrates a remarkable preference for lipophilic acyl transfer reactions. Hence, despite
very high water concentrations, transesterification of castor oil is strongly preferred over hydrolysis.
This is unique for CALA relative to the other tested lipases and forms the basis for a one-step synthesis
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of estolides directly from castor oil. Most published lipase-catalyzed routes to estolides start out with
producing hydroxy fatty acids in a separate step [2,3,12], or use costly commercially available ricinoleic
acid [10,14,15]. Condensation to estolides is then typically achieved with Candida rugosa lipase (CRL)
in either free or immobilized forms. With the immobilized form, the system can be dried to very low
water activity, which is reported to drive the reaction. In such a system, Freire and coworkers reached
EN = 7, as determined by 13C NMR spectroscopy [2]. The estolide numbers obtained in the present
study are lower (approx. 2.5, corresponding to trimers and tetramers on average), but what that means
for potential applications is uncertain.

An inherent issue when producing estolides by polymerization reactions is how to control the
distribution of products obtained. Producing estolides directly from castor oil is simple and cost-efficient,
but also adds new components to the product mixture, namely the glycerides. Interestingly, we found
that combining different lipase specificities in multi-stage enzymatic reactions have the potential
to modify the products to target specific properties. Hence, glycerol is quantitatively removed by
TLL-catalyzed hydrolysis of the glycerides, without affecting the estolides. Further, preliminary results
indicate the potential of CALB in esterification of the terminal carboxylic acids to produce low-AV
estolides, e.g., for biolubricants applications.

Estolides have been analyzed by gel permeation chromatography [18], HPLC, GC, and a battery
of other analytical methods [19]. In the present study, 1H NMR was found to be a fast and quantitative
method for providing average EN-numbers directly from the integrals, as well as information about
purity and degree of esterification in the 3-enzyme process. It is complemented by an also rapid and
simple MALDI MS method, to provide information about individual species in the product mixtures.
MS analysis of such a complex blend of isomers is obviously challenged by the fact that several species
have the exact same molecular weight (see Figure 2). Preliminary results however demonstrated the
potential of MSn methods to differentiate between such isobaric substances.

For biotechnological innovation to move from laboratory scale proof-of-concept to industrial
production scale, the new process has to offer unique advantages, e.g., properties of the product, or
cost-savings compared to established methods. Factors such as safety and sustainability also become
increasingly important. In fact, application of lipolytic enzymes for modification of vegetable oils is
well-established in the industry. Building on this, the present work has outlined a potential simple and
inexpensive procedure for converting castor oil directly into estolides. The process may be conducted
at ambient conditions in stirred tank reactors with known commercially available liquid formulated
enzyme. Immobilized enzymes, although easy to separate and reuse, are significantly more expensive,
often forming a barrier for implementing enzymatic processes. The use of liquid enzyme(s) opens up
for a single-use process, although it may also be recycled in the aqueous phase.

4. Materials and Methods

4.1. General Procedures

All chemicals were purchased from Merck-Sigma-Aldrich (St. Louis, MO, USA), while castor
oil was provided by Jayant Agro-Organics Ltd. (Mumbai, India). All enzymes were provided by
Novozymes A/S (Bagsvaerd, Denmark). Liquid formulated enzymes included NovoCor AD L (CALA),
Lipozyme CALB L (CALB), Lipolase 100 L (TLL), Palatase 20,000 L (RML), Stickaway (HIC), and
experimental lipase from Geotrichum candidum (GCL). Immobilized enzymes included Novozym 435
(CALB) as well as the above mentioned liquid enzymes immobilized to a loading of 100 mg/g by
adsorption to Lewatit VP OC 1600 resin beads. Small-scale experiments were performed in parallel
in a sealed 24-well round-bottom deep-well plate, using a custom-designed stirrer-hotplate. Mixing
was ensured by crosshead magnetic stir bars in each well. Standard conditions were castor oil (2 g),
water (1 mL), lipase (0.1 mg enzyme protein, EP, per g of castor oil), 40 ◦C, 500 rpm for 24 h. Prior
to analysis, samples were inactivated at 99 ◦C, 600 rpm for 15 min on an ThermoMixer (Eppendorf,
Hamburg, Germany). To separate the oil phase, small scale samples were centrifuged with an MiniSpin
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microcentrifuge (Eppendorf, Hamburg, Germany), whereas large scale samples were centrifuged with
Multifuge 3 S-R (Heraeus, Hanau, Germany) large bench centrifuge.

4.2. Analytical Procedures

NMR samples were prepared by mixing oil sample (50 μL) with chloroform-d (700 μL) and
analyzed on a Bruker Avance III HD 400 MHz instrument (Bruker Biospin, Fällanden, Switzerland).
The EN was calculated from the integrals of the ricinoleic -CH-OH signal at 3.65 ppm and the esterified
-CH-OR signal at 4.85 ppm as:

EN = I4.85/I3.65.

In the three-enzyme process, percent of carboxylic acid end-groups esterified with 1-hexanol
was calculated from the hexyl ester -CH2O- signal at 4.05 ppm, assuming there is one carboxylic acid
end-group for every one free ricinoleic hydroxyl:

%hexyl ester = 100% × I4.o5/2/I3.65

MALDI MS analyses were performed on a Bruker UltrafleXtreme MALDI-TOF (Bruker Daltonik,
Bremen, Germany) mass spectrometer. Samples were diluted to a final concentration of 1 mg/mL
in MeCN-H2O (1:1) and spotted on the target plate with Super-DHB matrix. A Bruker amaZon SL
instrument was used for LC-MS analyses, eluting a C18 RP-column with a gradient of 50% to 100%
methanol (solvent B) vs. 0.1 mM aqueous NaCl (solvent A), and detecting with ESI MS in positive
mode. Titrations were performed by dissolving oil (ca. 0.5 mL, no water phase) in 2-propanol (10
mL). After the addition of 1% phenolphthalein (0.5 mL), 0.1 M NaOH was added dropwise until a
permanent pink color was observed. For the blank sample, oil (1 mL) was titrated with 0.025 M NaOH.
Acid value (AV) (mg/g) was calculated as:

AV = cNaOH × VNaOH ×MKOH/msample

4.3. Multi-Enzyme Processes

For the upscaled two-enzyme process, castor oil (50 g) was mixed with water (25 mL) and added
NovoCor AD L (0.73 mL, 12.5 mg EP). The mixture was incubated in a round-bottom flask under rapid
magnetic stirring (500 rpm) at 40 ◦C for 24 h. Subsequently, the sample was inactivated at 99 ◦C for 15
min and centrifuged for 15 min. The oil phase (43 g) was then again mixed with water (21 mL) and
added Lipolase 100 L (0.64 mL, 10.8 mg enzyme protein). The reaction was stirred for another 24 h at
40 ◦C. Inactivation and centrifugation of the second step was performed in a similar matter as step one,
resulting in 35 g estolide mixture. For the three-enzyme process, estolide mixture from the two-step
process (4 g) was mixed with 1-hexanol (2 mL) and Novozym 435 (10 mg) in a small round-bottom
flask and incubated for 24 h at 40 ◦C. The reaction was stopped by enzyme inactivation. No phase
separation was observed. Immobilized enzyme was removed by filtration and excess 1-hexanol was
removed by rotary evaporation.

Supplementary Materials: The following are available online at http://www.mdpi.com/2073-4344/10/8/835/s1,
Figure S1: MS-spectrum of 3-enzyme process, Figure S2: NMR spectrum of 3-enzyme process. Table S1: MALDI
MS analysis of product mixtures with different water content.
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Abstract: Many Gram-negative bacteria produce N-acyl-homoserine lactones (AHLs), quorum sensing
(QS) molecules that can be enzymatically inactivated by quorum quenching (QQ) processes; this approach
is considered an emerging antimicrobial alternative. In this study, kinetic parameters of several AHLs
hydrolyzed by penicillin acylase from Streptomyces lavendulae (SlPA) and aculeacin A acylase from
Actinoplanes utahensis (AuAAC) have been determined. Both enzymes catalyze efficiently the amide bond
hydrolysis in AHLs with different acyl chain moieties (with or without 3-oxo modification) and exhibit a
clear preference for AHLs with long acyl chains (C12-HSL > C14-HSL > C10-HSL > C8-HSL for SlPA,
whereas C14-HSL > C12-HSL > C10-HSL > C8-HSL for AuAAC). Involvement of SlPA and AuAAC in
QQ processes was demonstrated by Chromobacterium violaceum CV026-based bioassays and inhibition
of biofilm formation by Pseudomonas aeruginosa, a process controlled by QS molecules, suggesting the
application of these multifunctional enzymes as quorum quenching agents, this being the first time that
quorum quenching activity was shown by an aculeacin A acylase. In addition, a phylogenetic study
suggests that SlPA and AuAAC could be part of a new family of actinomycete acylases, with a preference
for substrates with long aliphatic acyl chains, and likely involved in QQ processes.

Keywords: penicillin acylase; aculeacin acylase; N-acyl-homoserine lactone acylases; quorum
quenching; biofouling
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1. Introduction

Quorum sensing (QS) is a bacterial cell-to-cell communication mechanism that allows bacteria
to regulate a high diversity of biological functions such as bioluminescence, production of virulence
factors, antibiotics and other secondary metabolites, and biofilm formation by releasing, detecting
and responding to small, diffusible signal molecules called autoinducers [1,2]. The disruption
of QS signaling, a process known as quorum quenching (QQ), is a promising alternative for
controlling bacterial infections in human, animals or plants and anti-biofouling in membrane bioreactor
systems [3–5]. Among the best-characterized QS molecules, N-acyl-homoserine lactones (AHLs) are
the most commonly used by Gram-negative proteobacteria [6–9]. AHLs each consist of an acyl chain
linked to a homoserine lactone core (HSL) by an amide bond [6]. Generally, AHL inactivation is
accomplished by lactonases or acylases, although the inactivation by oxidoreductases acting on the C3
substituent in AHL acyl chain has also been reported [10]. Lactonases inactivate AHLs by hydrolyzing
their lactone rings, but lactonolysis is reversible at acidic pH, producing an active form [11,12],
limiting the use of these enzymes, whereas acylases are more advantageous as QQ agents since they
catalyze the irreversible hydrolysis of the amide bond [12]. Although numerous AHL acylases have
been characterized, the link between QQ and the ability to gain a competitive advantage due to the
production of these enzymes has not conclusively been demonstrated [13]. Recently, it has been
described that certain beta-lactam antibiotic resistant bacteria show quorum quenching activity as
well [14]. However, whether the molecules involved in both processes are the same is yet unknown [14].
Thus, due to the large number of putative bacterial enzymes that might be involved in QQ processes,
further investigation is needed to gain insight into the roles of such enzymes in both environmental
issues and biotechnological applications [5,15,16].

The Ntn-hydrolase superfamily contains many enzymes with diverse activities, includingβ-lactam
acylases, AHL acylases and proteasomes, among others [17]. Many of these enzymes have been
classified according to their respective first reported activities, although this classification is not always
necessarily in agreement with their true biological role [18]. Over the years, AHL acylase activity has
been described for some penicillin acylases from Gram-negative bacteria, such as the penicillin G acylase
from Kluyvera citrophila [19] and the penicillin V acylases (PVAs) from Pectobacterium atrosepticum and
Agrobacterium tumefaciens [20]. Nevertheless, AHL degradation by penicillin acylases from filamentous
Gram-positive bacteria has not been fully demonstrated so far.

Penicillin acylase from Streptomyces lavendulae ATCC 13664 (SlPA, formerly abbreviated as SlPVA
in our previous reports) (EC 3.5.1.11) and aculeacin A acylase from Actinoplanes utahensis NRRL 12052
(AuAAC) (EC 3.5.1.70) are the unique described penicillin and echinocandin acylases, respectively,
capable of efficiently hydrolyzing phenoxymethyl penicillin (penicillin V), several natural aliphatic
penicillins (such as penicillin K, penicillin F and penicillin dihydro F) and aculeacin A [21–24].
Astoundingly, both show very similar substrate specificity, with a marked preference for amides
bearing long hydrophobic acyl moieties [21,22,24]. Moreover, these extracellular heterodimeric
(αβ) Ntn-hydrolases present interesting properties to be applied in the industrial production of
semi-synthetic antibiotic and antifungal compounds in enzymatic bioreactors [25–30]. It is interesting
that these enzymes are structurally related to the acyl-homoserine lactone acylase from Streptomyces sp.
M664 [22], the only one characterized AHL acylase from filamentous bacteria [18,31], in contrast to the
majority of QQ enzymes that belong to unicellular bacteria.

In the present study, we report the newly discovered AHL acylase activities of both SlPA and
AuAAC and suggest their possible involvement in QS interference since they can inhibit formation
of biofilms by Pseudomonas aeruginosa. In addition, high identities between both enzymes and AHL
quorum quenching acylases were revealed by comparative sequence analysis.
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2. Results and Discussion

2.1. Substrate specificity of SlPA and AuAAC towards different AHLs

The substrate specificities of SlPA and AuAAC were analyzed by measuring initial rates and calculating
kinetic parameters for the hydrolysis of several enantiopure L-AHLs (Tables 1 and 2, respectively).

Table 1. Kinetic parameters for SlPA using different AHLs *.

Substrate Km (mM) kcat (s−1) kcat/Km (mM−1 s−1)

C8-HSL 1.19 ± 0.16 22.9 ± 1.2 19.2
3-oxo-C8-HSL 0.93 ± 0.14 7.34 ± 0.42 7.9

C10-HSL 0.25 ± 0.04 21.9 ± 1.1 87.6
3-oxo-C10-HSL 0.40 ± 0.07 14.8 ± 1.0 37.0

C12-HSL 0.13 ± 0.02 19.3 ± 1.1 148.5
3-oxo-C12-HSL 0.22 ± 0.03 20.4 ± 1.3 92.7

C14-HSL 0.039 ± 0.007 3.80 ± 0.25 97.4
3-oxo-C14-HSL 0.137 ± 0.032 10.8 ± 1.9 78.8

* Reaction conditions: phosphate pH 8.0 containing DMSO 20% (v/v) at 45 ◦C.

Table 2. Kinetic parameters for AuAAC using different AHLs *.

Substrate Km (mM) kcat (s−1) kcat/Km (mM−1 s−1)

C8-HSL 2.70 ± 0.76 24.7 ± 3.6 9.2
3-oxo-C8-HSL 0.45 ± 0.14 2.05 ± 0.20 4.6

C10-HSL 0.19 ± 0.03 13.6 ± 0.8 71.6
3-oxo-C10-HSL 0.47 ± 0.10 4.45 ± 0.39 9.5

C12-HSL 0.10 ± 0.02 8.15 ± 0.56 81.5
3-oxo-C12-HSL 0.17 ± 0.03 7.95 ± 0.57 46.8

C14-HSL 0.013 ± 0.003 1.19 ± 0.11 91.5
3-oxo-C14-HSL 0.023 ± 0.006 1.79 ± 0.23 77.8

* Reaction conditions: phosphate pH 8.0 containing DMSO 20% (v/v) at 45 ◦C.

As shown in Table 1, SlPA efficiently hydrolyzed several AHLs and their 3-oxo-derivatives.
Although the highest catalytic constant (kcat) was found with C8-HSL (22.9 s−1), the enzyme was more
efficient with substrates containing longer acyl chains. In fact, its catalytic efficiency (kcat/Km) was
4-fold higher with C10-HSL (87.6 mM−1 s−1) or C14-HSL (97.4 mM-1 s-1) and almost 8-fold higher when
C12-HSL was used (148.5 mM−1 s−1). The presence of a 3-oxo group had a negative impact on catalytic
efficiency, but this effect was less pronounced as the length of the acyl chain increased. These data
suggest that the amide group and the ketone at the C3’ position of the acyl chain of AHLs could
be important for enzyme-substrate interaction. Among the 3-oxo derivatives, the highest catalytic
efficiency value corresponded to 3-oxo-C12-HSL (92.7 mM−1 s−1) > 3-oxo-C14-HSL > 3-oxo-C10-HSL
> 3-oxo-C8-HSL. SlPA did not show detectable activity on C4-HSL, and its activity against C6-HSL
was poor. Likewise, the kinetic parameters for the AuAAC-catalyzed hydrolysis of different AHLs
and their 3-oxo derivatives were also determined (Table 2), whose values were quite similar to those
obtained using SlPA (Table 1).

Like SlPA, AuAAC exhibited hydrolytic activity towards C8-HSL>C10-HSL>C12-HSL>C14-HSL,
C8-HSL being the best substrate according to the observed catalytic constant (24.7 s−1). This preference
for a C8-acyl chain is in agreement with previous kinetic studies employing various aliphatic penicillins
as substrates. In this sense, both enzymes were reported to display the highest catalytic constant with
penicillin K (22.7 s−1 for SlPA and 33.3 s−1 for AuAAC, respectively) [21,24], a penicillin derivative
which bears a C8-acyl chain attached to 6-amino penicillanic acid (6-APA). In addition, Km values
for AHLs with acyl chains longer than eight carbons were generally lower than those reported for
aliphatic penicillins in both SlPA and AuAAC [21,24], pointing at the possible role of these enzymes
in QQ processes. Although the activity towards 3-oxo derivatives was also detected, the highest
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catalytic efficiency value for AuAAC corresponded to 3-oxo-C14-HSL (77.8 mM−1 s−1) > 3-oxo-C12-HSL
> 3-oxo-C10-HSL > 3-oxo-C8-HSL, showing lower values than those observed for SlPA. Among all the
substrates included in this study, the best catalytic efficiency was observed with C14-HSL (91.5 mM−1

s−1). This preference of SlPA and AuAAC for unsubstituted AHLs in C3’ position has been also observed
in AHL acylases from Shewanella sp. MIB015 (AaC) [32] and Acinetobacter sp. Ooi24 (AmiE) [33].
Broad substrate specificity towards different AHLs and β-lactam antibiotics has also been described for
other enzymes, besides SlPA and AuAAC. For instance, the extracellular AHL acylase from Streptomyces
sp. M664 (AhlM) efficiently hydrolyzes C8-HSL, C10-HSL and 3-oxo-C12-HSL, whereas its deacylation
activity towards short-acyl chain AHLs, C6-HSL and 3-oxo-C6-HSL was relatively low, and was
negligible using C4-HSL as the substrate [31], as is the case for SlPA and AuAAC. In addition, AhlM also
shows acylase activity towards penicillin G, expanding its substrate specificity to different structures
such as β-lactam antibiotics.

It was believed that AHL acylase from Acidovorax sp. MR-S7 (MacQ) shows the broadest substrate
specificity, since it can deacylate various AHLs, ranging from C6 to C14 in length, and differentβ-lactams
antibiotics, including penicillin derivatives (penicillin G, ampicillin, amoxicillin, and carbenicillin) and
cephalosporin derivatives (cephalexin and cefadroxil) [34]. Nevertheless, no echinocandin acylase
assays were reported for this enzyme.

It is important to point out that there is no report of kinetic parameters for AHLs by using
AhlM and MacQ acylases. The activities of AhlM and MacQ acylases were measured by an AHL
inactivation bioassay instead of the fluorescence HSL-OPA assay, which allows the quantification of
the HSL released during the enzymatic reaction. Said bioassay has traditionally been used to check
out qualitatively only the degradation or non-degradation of various AHLs ranging from C6 to C14

in length using AHL acylases from microorganisms like Ralstonia sp XJ12B (AiiD) [35], Pseudomonas
aeruginosa PAO1 (PvdQ and QuiP) [36,37], Pseudomonas syringae B728a (HacA and HacB) [38], Anabaena
sp. PCC7120 (AiiC) [39], Shewanella sp. MIB015 (AaC) [32], Deinococcus radiodurans R1 (QqaR) [40] and
K. citrophila DSM 2660 (KcPGA) [19].

To the best of our knowledge, the kinetics of enzyme reactions catalyzed by AHL acylases have
not been studied in detail, and only a few reports indicate catalytic efficiency values for different
AHLs in order to deep into substrate specificity of these enzymes. In this sense, the HSL-OPA
method was used to carry out kinetic studies of AHL acylases from P. aeruginosa PA01 (PA0305 and
PvdQ) [36,41] and KcPGA [19], and penicillin V acylases form Pectobacterium atrosepticum (PaPVA) and
Agrobacterium tumefaciens (AtPVA) [20], but employing few AHLs as substrates.

Using 3-oxo-C12-HSL as the substrate, kcat/Km values for PaPVA (135 mM−1 s−1), AtPVA (26.8 mM−1

s−1), PA0305 (78 mM−1 s−1) and PvdQ (5.8 mM−1s−1) could be compared to those observed for SlPA
(92.7 mM−1 s−1) and AuAAC (46.8 mM−1 s−1) (Tables 1 and 2), although different reaction conditions
(such as pH, temperature, buffer concentration and DMSO concentration) were employed in every
case. The kinetic data support the strong activities of both SlPA and AuAAC towards 3-oxo-C12-HSL.
In the case of PaPVA and AtPVA, the plot of the reaction velocity (v) as a function of 3-oxo-C12-HSL
concentration followed a sigmoidal pattern, and an allosteric behavior was attributed to the low
substrate solubility in the reaction medium that did not allow one to reach substrate saturation [20],
even though DMSO at 0.8% (v/v) was used to enhance 3-oxo-C12-HSL solubility. In contrast, a hyperbolic
behavior was observed in the case of SlPA and AuAAC, likely due to the presence of DMSO at 20% (v/v)
in the reaction that allowed total solubilization of higher concentrations of 3-oxo-C12-HSL during the
kinetic study (Figure S1). It is worth mentioning that activities of SlPA and AuAAC were not affected
in the presence of 20% DMSO.
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Finally, using C12-HSL as the substrate, the kcat/Km value for PA0305 [41] at pH 7.5 and 30 ◦C
in the absence of DMSO (1.4 mM−1 s−1) was significantly lower than the ones described for SlPA
(148.5 mM−1 s−1) and AuAAC (81.5 mM−1 s−1) at pH 8.0 and 45 ◦C in the presence of DMSO at 20% (v/v)
(Tables 1 and 2). Although kinetic constants have been reported for KcPGA employing C6-HSL and
3-oxo-C6-HSL, enzymatic activity of SlPA and AuAAC with these substrates was too low to perform
an adequate kinetic characterization. In fact, a low catalytic activity (kcat) was also observed in the case
of KcPGA using C6-HSL (0.03 s−1) and 3-oxo-C6-HSL (0.06 s−1) [19].

2.2. Quorum Quenching Role of SlPA and AuAAC

The AHL acylase activities of both SlPA and AuAAC suggests that these enzymes may be involved
in QQ processes. To demonstrate this hypothesis two different bioassays were used. The first one
exploits QS-reporting violacein production by Chromobacterium violaceum CV026, and the second one
monitors biofilm formation by P. aeruginosa.

Results of the forward bioassay carried out with C. violaceum CV026 employing C6-HSL and
C8-HSL as inducers are shown in Figure 1. C. violaceum CV026 produced violacein only when C6-HSL
(or C8-HSL) was added to the agar plate (Figure 1B vs. Figure 1A) and such production was slightly
inhibited in the presence of SlPA (Figure 1C). The inhibition of violacein production was more evident
when the AHL was previously incubated with SlPA (for 24 h at 40 ◦C) and further added to the
medium (Figure 1D). This inhibitory effect was higher with C8-HSL as expected due the higher catalytic
efficiency of SlPA on this compound (Table 1). Similar results were observed for AuAAC in the
forward bioassay of C8-HSL hydrolysis (data not shown). Furthermore, the effect of both enzymes in
violacein production by enzymatic hydrolysis of long-chain AHLs was detected by reverse bioassays
(data not shown).

 
Figure 1. CV026-based forward bioassay of AHL hydrolysis by SlPA. C6-HSL and C8-HSL were used
as inducers of violacein production. (A) C. violaceum CV026 without inductor; (B) C. violaceum CV026
grown in the presence of AHL; (C) C. violaceum CV026 grown in the presence of a mixture of AHL and
SlPA (in vivo assay); (D) C. violaceum CV026 grown in the presence of a pre-incubated reaction mixture
of AHL and SlPA (in vitro assay). C6-HSL concentration was 20 mM, whereas C8-HSL concentration
was 5 mM.
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QS interference by the wild-type strains producing SlPA and AuAAC was confirmed using
C. violaceum CV026-based forward bioassay (Figure 2B,C). Previously, C. violaceum CV026 was assessed
to produce violacein when C8-HSL was added to the agar plate (Figure 2A), and this production was
not affected by the presence of wild-type S. lividans (Figure 2D). Finally, AHL acylase cleavage was
also demonstrated employing the recombinant strains of Streptomyces lividans CECT 3376 and CECT
3377, expressing SlPA and AuAAC respectively (Figure 2E,F), demonstrating that both enzymes can
interfere in quorum sensing signaling in vivo.

On the other hand, SlPA was tested for its ability to disrupt formation of biofilms by P. aeruginosa,
a a QS controlled process (Figure 3). When SlPA was added to the culture in its soluble form, disruption
of biofilm formation was high (Figure 3C1), whereas it was only moderate when the enzyme was
immobilized to silanized slides (Figure 3D1). In this sense, slide coating with SlPA was confirmed
by immunodetection (Figures 3B2 and 4D2). On the contrary, biofilm formation was not affected in
the absence of SlPA (Figure 3A1) or the presence of the heat-inactivated enzyme (Figure 3B1). Similar
results were obtained when AuAAC was employed in the same experiment (data not shown).

 

Figure 2. Detection of AHL degradation by recombinant S. lividans strains expressing SlPA and
AuAAC. CV026-based bioassay was used to monitor C8-HSL cleavage. (A) C violaceum CV026 control
(AHL non-degrading); (B) Streptomyces lavendulae; (C) Actinoplanes utahensis; (D) Streptomyces lividans
(AHL non-degrading control); (E) recombinant Streptomyces lividans expressing SlPA (CECT 3376);
and (F) recombinant Streptomyces lividans expressing AuAAC (CECT 3377).

These results suggest that these acylases can be used to combat the formation of biofilms by
P. aeruginosa. Corneal, lung and burn wound infections caused by P. aeruginosa, and the production of
virulence factors (and the biofilm differentiation) of this opportunistic pathogen, are regulated by two
QQ signals such as 3-oxo-C12-HSL and C4-HSL [1,42,43]. Besides, 3-oxo-C8-HSL has demonstrated to
increase cell-growth rate during the formation of P. aeruginosa biofilm on ultra-filtration membranes
for advanced wastewater treatment [44]. In the present work, the presence of SlPA and AuAAC
has significantly reduced P. aeruginosa biofilm formation, likely due to hydrolysis of different AHLs
and 3-oxo-AHLs with long acyl-chains, and this effect suggests potential clinical and environmental
applications. In fact, the role of the AHL-degrading enzymes to prevent biofilm formation in wastewater
treatment plants (WWTPs) is under study, since the inhibition of biofilms on ultrafiltration membranes
of membrane bioreactors (MBR) could solve biofouling problems and increase the useful lifespan of
filtration membranes minimizing operational costs [5]. Further experiments are warranted to gain a
better understanding on the practicality of this advanced technology for biofouling control in MBR
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systems. Additional studies on the QQ acylase activity of SlPA and AuAAC are currently in progress
in order to assess their inhibitory capacity of biofilm formation by bacteria inhabiting WWTPs.

 
Figure 3. Disruption of Pseudomonas aeruginosa biofilm development on glass slides. Images acquired
after 24 h in the following conditions: (A1): No SlPA addition. (B1): Heat-inactivated SlPA bound
to silanized slides. (C1): SlPA addition in culture media. (D1): SlPA bound to silanized slides.
SlPA attachment to slides was determined by using an Alexa Fluor 488 dye goat anti-rabbit whole
antibody conjugate. (A2): No SlPA addition. (B2): Heat-inactivated SlPA bound to silanized slides. (C2):
SlPA addition in culture media. (D2): SlPA bound to silanized slides. Microphotographs were obtained
using a differential interference contrast (DIC) microscopy (A1–D1) at ×1000 total magnification, or an
Olympus BX61 epifluorescence microscope (A2–D2) at ×400 total magnification.
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Figure 4. Molecular phylogenetic analysis of SlPA and AuAAC in the context of the Ntn-hydrolase
superfamily (accession numbers in the NCBI server). Ntn-hydrolases with reported AHL acylase
activity: AiiD, from Ralstonia sp. XJ12B (AAO41113); PvdQ, from Pseudomonas aeruginosa PAO1
(AAG05773); AhlM, from Streptomyces sp. M664 (AAT68473); QuiP, from P. aeruginosa PAO1 (AAG04421);
HacA, from Pseudomonas syringae B728a (AAY37014); HacB, from P. syringae B728a (AAY39885); AiiC,
from Anabaena sp. strain PCC7120 (BAB75623); Aac, from Shewanella sp. strain MIB015 (BAF94155);
QqaR, from Deinococcus radiodurans R1 (WP_010889514); MacQ, from Acidovorax sp. MR-S7 (BAV56778),
PfmA, Pseudoalteromonas flavipulchra JG1 (ASS36259); AmiE, Acinetobacter sp. Ooi24 (BAP18758); AibP,
from Brucella melitensis (AAL53453); Aac, from Ralstonia solanacearum GMI1000 (WP_011002462); SlPA,
from Streptomyces lavendulae ATCC 13664 (AAU09670), AuAAC, from Actinoplanes utahensis NRRL 12052
(WP_043523659). Ntn-hydrolases with reported penicillin G acylase activity: EcPGA, from Escherichia coli
ATCC 11105 (P06875); KcPGA, from Kluyvera citrophila DSM 2660 (P07941); AcPGA, from Achromobacter
sp. strain CCM 4824 (AAY25991); BmPGA, from Bacillus megaterium ATCC 14945 (Q60136); Af PGA,
from Alcaligenes faecalis ATCC 19018 (AAB71221); AvPGA, from Arthrobacter viscosus ATCC 15294
(P31956); and PrPGA, from Providencia rettgeri (AAP86197). Ntn-hydrolases with reported penicillin
V acylase activity: SmPVA, from Streptomyces mobaraensis (BAF51977); AtPVA, from Agrobacterium
tumefaciens (5J9R); PaPVA, from Pectobacterium atrosepticum (4WL2); and BspPVA, from Bacillus sphaericus
(3PVA). Ntn-hydrolases with reported bile salt hydrolase activity: BlBSH, from Bifidobacterium longum
(2HF0), and Ef BSH, from Enterococcus feacalis (4WL3). Ntn-hydrolases with reported cyclic lipopeptide
acylase activity were as follows: SsCLA, from Streptomyces sp. FERM-BP5809 (BAD07025). Bifunctional
acylases (with both penicillin acylase and AHL acylase activities) are indicated by asterisks, but among
them only SlPA and AuAAC present aculeacin A acylase activity as well. The evolutionary history was
inferred using the neighbor-joining (NJ) method within the 3DM and MEGA X packages. The optimal
tree with the sum of branch length = 8.78001801 is shown. This analysis involved 31 amino acid
sequences. All ambiguous positions were removed for each sequence pair (pairwise deletion option).
There was a total of 965 positions in the final dataset.

98



Catalysts 2020, 10, 730

2.3. Phylogenetic Analysis of SlPA and AuAAC Acylases

To gain further knowledge on the role of the SlPA and AuAAC through the analysis of their
evolution, the amino acid sequences of SlPA and AuAAC were compared in the context of the
Ntn-hydrolases superfamily using 3DM a molecular class-specific information system built by
multiple structure alignment and automated literature mining [45,46]. The 3DM system contained
12,567 sequences grouped into 13 subfamilies based on 179 available structures. The largest subfamily
was “4HSTA” (glutaryl-7-ACA-alpha chain, containing 7155 sequences) (Figure S2). In contrast,
both SlPA and AuAAC were included in subfamily “5C9IA” (protein related to penicillin acylase,
containing 955 sequences). The model protein of subfamily 5C9IA is the aforementioned MacQ,
an AHL acylase from Acidovorax sp. MR-S7, active towards both AHLs and β-lactam antibiotics [47].
In addition, a phylogenetic study was performed using MEGA X based on the amino acid sequences
of 31 Ntn-hydrolases with reported amidase activities (Figure 4). The results showed that SlPA,
AHL acylase from Streptomyces sp. M664 (AhlM) [31], cyclic lipopeptide acylase from Streptomyces sp.
FERM BP-5809 (SsCLA) [48] and penicillin V acylase from Streptomyces mobaraensis (SmPVA) [49] are
very close together in the phylogenetic tree, and these three enzymes are also near AuAAC. In this
sense, there is moderate sequence identity of AuAAC with SmPVA (42.1%), SlPA (42.3%), AhlM (42.7%)
and SsCLA (42.9%), whereas SlPA showed high identity with SmPVA (66.3%), SsCLA (85.7%) and
AhlM (86.5%), In contrast, both SlPA and AuAAC are very distant from those enzymes belonging to the
group of penicillin G acylases (PGA group) and penicillin V acylases (PVA group) (Figure 4). In fact,
our phylogenetic tree is quite similar to the one described recently by Kusada et al. who reported that
Ntn-hydrolase family could be divided into three main groups: a β-lactam acylase group (that would
correspond to our PGA group) and two AHL acylase groups (A and B) [34]. Our results are in
agreement with this affirmation, and furthermore we have identified new members within each group
(Figure 4). In this sense, HacB [38], QuiP [37], AibP [50], PfmA [51] and AiiC [39] would belong to the
AHL acylase group B, whereas Aac from Shewanella sp. [32], MacQ [34], PvdQ [52], HacA [38], AiiD [35],
Aac from Ralstonia solanacearum [53], QqaR [40], SmPVA [49], AhlM [31], SsCLA [48], SlPA and AuAAC
would belong to the AHL acylase group A.

In addition, we have identified two new groups in the phylogenetic tree: an amidase group that
includes the AHL acylase from Acinetobacter sp. Ooi24 [33], and a cholylglycine hydrolase (CGH) group
that includes PVAs from different bacteria such as A. tumefaciens (AtPVA), P. atrosepticum (PaPVA) [20],
Bacillus sphaericus (BspPVA) [54] and Bacillus subtilis (BsPVA) [55]. Furthermore, members of this PVA
group differ in their catalytic N-terminal nucleophile residue (cysteine) and subunit composition
(homotetramers) compared to some members of the AHL acylase group A that displayed PVA activity
(such as SmPVA, SlPA, and AuAAC) which are heterodimers with a catalytic serine at the N-terminal
end of their β-subunit. Moreover, genuine PVAs were proposed to be evolutionary related to bile salt
hydrolases (BSHs) [56] like BSH from Bifidobacterium longum [57] and BSH from Enterococcus faecalis [58],
forming altogether part of the CGH group of enzymes, and this relationship was confirmed in our
phylogenetic tree., Some of the enzymes throughout the phylogenetic tree have been reported to display
both penicillin acylase and AHL acylase activities (Figure 4, see enzymes with asterisks), although
they belong to different groups. In this sense, Kusada et al. [34] had already suggested that those
enzymes with bifunctional QQ and antibiotic-acylase activities might be broadly distributed among
the phylogeny, and therefore such bifunctionality could be conserved in other acylases of a wide type
of microorganisms. Such assumption has been recently confirmed with new reported enzymes such as
PfmA (AHL acylase from Pseudoalteromonas flavipulchra, able to degrade ampicillin but not penicillin
G) [51], and AtPVA and PaPVA that are able to hydrolyze both AHLs and penicillin V [20]. Our study
demonstrates that two other enzymes from Gram-positive bacteria, such as SlPA and AuAAC, also
present this feature, showing not only penicillin acylase and AHL acylase activities, but also aculeacin
A acylase activity [22,24].

Taking into account these results, it should be proved whether other members of the phylogenetic
tree (apparently those belonging to the AHL acylase group A) could be able to recognize aliphatic
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penicillins and/or aculeacin A as substrates. In this sense, some reports might support such hypothesis;
for instance, PVA from S. mobaraensis is able to catalyze the synthesis of aliphatic penicillins and
N-fatty-acylated amino compounds [59], whereas cyclic lipopeptide acylase from Streptomyces sp.
FERM BP-5809 can deacylate aculeacin A and echinocandin B [48]. On the contrary, Aac from
R. solanacearum is not able to degrade ampicillin and aculeacin A, although this enzyme was initially
identified as a probable aculeacin A acylase transmembrane protein [53].

Furthermore, the combination of structure-guided multiple alignment and literature mining
by 3DM enabled confirmation of previously determined residue functions and identification of
new potential ones. Using the correlated mutations analysis provided by 3DM, we analyzed the
100 most similar sequences to SlPA and identified clusters of residues which have mutated in a
coordinated manner within the subset, pointing to their potential involvement in substrate specificity.
The heatmap of mutational correlations generated by 3DM (Figure S3) predicted two of residues at
the substrate-binding pocket of SlPA (3DM residue numbers 139 and 148 in Table S1). Interestingly,
such residues (identified as Tyrβ24 and Trpβ33, respectively) had been previously suggested to
be positioned at the substrate-binding pocket of SlPA [22]. The other seven residues that showed
strong mutational correlations (Table S1: 3DM residue numbers 5, 27, 239, 257, 310, 351 and 595 that
correspond in SlPA to Tyrα10, Trpα32, Trpβ120, Proβ150, Glnβ203, Proβ266 and Argβ544 respectively)
have never been proposed to be located in the substrate-binding pocket of SlPA and may be putatively
involved in substrate specificity according to 3DM. Sequence alignment by Clustal Omega allowed
to identify the same residues at the equivalent positions in penicillin V acylase from S. mobaraensis,
AHL acylase from Streptomyces sp. M664, and cyclic lipopeptide acylase from Streptomyces sp FERM
BP-5809 (Figure S4). However, different residues were identified at such positions for other members
of the AHL acylase group A, and this result could explain their substrate preference towards AHLs
which may differ depending on their acyl-chain length and the presence of the 3-oxo substitution, and
their ability to recognize aculeacin A and other echinocandins as substrates. These putative residues
might be considered as potential targets for site-directed mutagenesis of this group of enzymes in
order to improve their substrate specificity towards different AHLs. Certainly, that would be very
useful for some enzymes that show weak activity towards shorter AHLs, such as C6-HSL and C4-HSL,
QS molecules produced by Burkholderia and Yersinia [36]. Similarly, mutant variants of these enzymes
could be designed with the help of this information and docking simulations in order to more efficient
aculeacin A acylases, an approach that has already allowed to prepare mutant cephalosporin acylases
that recognize aculeacin A as substrate [60]. Indeed, a similar approach has enabled the obtention of
a PvdQ variant with increased C8-HSL activity that could reduce virulence of the human pathogen
Burkholderia cenocepacia [61].

In addition, sequence alignment of members of the AHL acylase group A confirmed the presence
of a stretch of hydrophobic amino acids encoding a signal peptide, and the conserved glycine, serine,
asparagine, histidine, tyrosine and valine residues (Figure S4) that have been demonstrated to be
of importance to both autoproteolytic processing and catalysis in Ntn-hydrolases [62–65]. In this
sense, Ntn-hydrolases undergo a post-translational processing resulting in a primary pro-peptide
that is transformed into an active two-subunit form after the cleavage of signal and spacer
peptides [17,63,64,66,67]. Essential to this post-translational modification of the pro-peptide, a conserved
glycine–serine pair was clearly located in all members of group A of AHL acylases. In this sense,
enzymatic activities of both SlPA and AuAAC were abolished when Serβ1 was replaced with
cysteine, aspartic acid, histidine or lysine by site-directed mutagenesis [22]. In addition, we have also
observed in our enzymes the presence of those reported residues that explained the unusual increased
size of the hydrophobic pocket in the crystal structure of PvdQ (Leuα146, Asnβ57, Trpβ186) [52].
These conserved residues would correspond to Valα141, Asnβ61 and Trpβ185 for SlPA, and Leuα136,
Asnβ61 and Trpβ181 for AuAAC, respectively. All these observations suggest a similar build-up of the
substrate-binding site in all members of the AHL acylase group A that would explain their unique
substrate preference for long acyl-chains. Nevertheless, 3DM has allowed for the identification of

100



Catalysts 2020, 10, 730

several putative residues (Figure S4) that might explain the reason why some enzymes of this particular
group are able to recognize not only long aliphatic acyl chains present in some AHLs and penicillins,
but the palmitoyl chain of aculeacin A (such as SlPA and AuAAC) or the linoleoyl chain of echinocandin
B (such as SsCLA), in comparison to other enzymes that show different amino acid residues in the
equivalent positions and cannot deacylate echinocandins (such as Aac from R. solanacearum). Additional
studies would allow one to determine which residues are actually involved in substrate recognition
of different echinocandins, paving the way towards the design of new biocatalysts for the enzymatic
production of antifungal compounds.

3. Materials and Methods

3.1. Materials and Bacterial Strains

Unless otherwise specified, all chemical reagents were purchased from Sigma-Aldrich (St. Louis,
MO, USA). Cell culture media were from Difco (Detroit, MI, USA). Streptomyces lividans CECT 3376
and CECT 3377, overexpressing SlPA and AuAAC, respectively, and Chromobacterium violaceum CV026
(CECT 5999), were obtained from the Spanish Cell Culture Collection (Valencia, Spain). For sporulation,
S. lividans CECT 3376 and CECT 3377 were cultured on agar plates containing SFM (Mannitol Soya
Flour) medium at 30 ◦C for 72–96 h. For enzyme production, recombinant S. lividans cells were cultured
aerobically under submerged conditions in Triptone Soy Broth (TSB) liquid medium at 30 ◦C and
250 rpm [68]. C. violaceum CV026 cells (CECT 5999) were grown in Luria-Bertani (LB) agar plates at
37 ◦C for bioassays.

3.2. Synthesis of N-Acyl-Homoserine Lactones

Pure L-enantiomers of C4-HSL, C6-HSL, C8-HSL, C10-HSL, C12-HSL and C14-HSL were obtained
by chemical synthesis (Thomas et al., 2005), with several modifications: 10 mmol of L-HSL hydrochloride
were dissolved in 25 mL of dimethylformamide (DMF), and then 23 mmol of ice-cold triethylamine
were added. Later, 14 mmol of corresponding acid chloride was added dropwise with agitation at 4 ◦C.
The mixture was incubated for 2 h at room temperature and the solvent was evaporated. The product
was dissolved in dichloromethane and washed first with 1 M Na2SO4 and then with a saturated
solution of NaCl. Water was eliminated from organic phase by addition of anhydrous MgSO4 and the
organic solvent was evaporated. Isolation and purification of the synthesized AHL was carried out by
the combination of thin layer chromatography and a silicagel 60 column chromatography (Merck).
The elution was performed with an n-hexane-EtOAc gradient system. Compounds were visualized
in thin layer chromatography by spraying an aqueous solution of potassium permanganate (1% w/v
KMnO4, 6.67% w/v Na2CO3 and 0.083% w/v NaOH) briefly heating. Structures were elucidated by 1H
and 13C NMR analysis.

3.3. Determination of Kinetic Parameters

The substrate specificity of AuAAC and SlPA, which were expressed and purified as
previously described [22,24], was studied using a wide panel of L-enantiopure AHLs including
3-oxo substituted AHLs: N-butyryl-L-homoserine lactone (C4-HSL), N-hexanoyl-L-homoserine
lactone (C6-HSL), N-octanoyl-L-homoserine lactone (C8-HSL), N-decanoyl-L-homoserine lactone
(C10-HSL), N-dodecanoyl-L-homoserine lactone (C12-HSL), N-tetradecanoyl-L-homoserine lactone
(C14-HSL), N-(β-ketocaproyl)-L-homoserine lactone (oxo-C6-HSL), N-(3-oxooctanoyl)-L-homoserine
lactone (oxo-C8-HSL), N-(3-oxodecanoyl)-L-homoserine lactone (oxo-C10-HSL), N-(3-oxododecanoyl)-
L-homoserine lactone (oxo-C12-HSL) and N-(3-oxotetradecanoyl)-L-homoserine lactone (oxo-C14-HSL).
The methodology employed to detect primary amines released over the course of reactions was similar
to that reported in literature [19,41,69]. Kinetic studies were performed at pH 8.0 and 45 ◦C, and all
reactions were carried out in triplicate in 100 μL of final reaction mixture (10 μL of enzymatic solution,
70 μL of 1 M phosphate buffer and 20 μL of substrate dissolved in dimethyl sulfoxide, abbreviated as
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DMSO). In order to minimize non-enzymatic conversions, mixtures were kept on ice before initiation
and after termination of the reaction. The extent of reactions was then quantified by development
with o-phthalaldehyde (OPA). In mild alkaline conditions, OPA is stable and reacts readily with
primary amines above their isoelectric point in the presence of β-mercaptoethanol to form intensely
fluorescent derivatives [70]. Thus, each reaction mixture was mixed directly with 100 μL of OPA
solution (Sigma-Aldrich), which stops the reaction and allows quantification of the acylase activity.
The resulting mixture was then incubated for 2 min at 25 ◦C to ensure signal development before
reading fluorescence intensity using a FLUOstar Omega (BMG Labtech). Readouts were taken at
25 ◦C with 355 nm and 460 nm as excitation and emission wavelengths, respectively, with positioning
delay of 0.2 s and 5 flashes per well. This signal, which is proportional to the amount of HSL released
during the reaction, was interpolated in a calibration curve of pure HSL to enable expression of
reaction rates in non-arbitrary units. The range of substrate concentrations was different for each AHL:
from 1 to 25 mM for C4-HSL, from 0.02 to 10.04 mM for C6-HSL, from 0.02 to 5.02 mM for C8-HSL,
from 0.002 to 2.040 mM for C10-HSL, from 0.002 to 1.000 mM for C12-HSL and from 0.002 to 0.500 mM
for C14-HSL; from 0.02 to 1.64 mM for oxo-C6-HSL, from 0.02 to 8.00 mM for oxo-C8-HSL, from 0.02
to 1.45 mM for oxo-C10-HSL, from 0.006 to 0.726 mM for oxo-C12-HSL and from 0.002 to 0.080 mM
for oxo-C8-HSL. All reactions were catalyzed by 0.19 and 0.23 μg of SlPA and AuAAC, respectively,
as these amounts were deemed enough for the hydrolysis of both aliphatic and 3-oxo substituted
AHLs. Kinetic parameters were determined by nonlinear regression using Hyper32 program (available
on http://homepage.ntlworld.com/john.easterby/hyper32.html). All experiments were performed
in triplicate.

3.4. Inhibition of Violacein Production by Chromobacterium Violaceum CV026

C. violaceum, a Gram-negative bacterium commonly found in soil and water, produces a
characteristic purple pigment called violacein in response to an AHL-mediated QS mechanism [71].
Since C. violaceum CV026 is unable to produce C6-HSL, this mutant strain has been traditionally
considered an excellent AHL-biosensor taking into account that violacein synthesis may be induced
by AHLs with acyl chains from C4 to C8 (“forward bioassay”). Although pigment production is not
induced if acyl-chains are longer (from C10 to C14), these AHLs can antagonize the common inducers of
violacein production (“reverse bioassay”) [71]. For the forward assay, C. violaceum CV026 was cultured
overnight in LB medium, and then 50 μL of culture were used to inoculate the surface of LB agar plates
prepared in Petri dishes. Then, 10 μL of reaction mixture containing the enzyme (approximately 1
μg) and the AHLs (20 mM C6-HSL or 5 mM C8-HSL) in buffer A (potassium phosphate buffer 0.1 M,
pH 8.0 with 40% DMSO) was placed in the center of the plate (forward in vivo assay). Alternatively,
said mixture could be previously incubated for 24 h at 40 ◦C or 45 ◦C depending on the enzyme
(SlPA or AuAAC, respectively), and then placed in the center of the plate (forward in vitro assay).
Positive (C6-HSL or C8-HSL in buffer A) and negative (buffer A) controls were included in each assay
plate. All plates were incubated in the upright position overnight at 30 ◦C and then examined for
the stimulation of violacein synthesis, as indicated by blue/purple pigmentation of the bacterial lawn.
The reverse assays for antagonists were carried out identically, except for the fact that a stimulator
(5 μM C6-HSL or oxo-C6-HSL) was added to soft agar together with the CV026 strain. In this case,
inhibition of violacein synthesis was reported by the presence of white haloes in a purple background.
Forward and reverse assays were optimized by checking the detection limits for each AHL. In this
sense, serial dilutions of each AHL were tested and detection limits were defined as the lowest quantity
of AHL that produced a visible activation or inhibition of violacein synthesis.

The QS interference by AHL degradation of recombinant S. lividans strains was tested qualitatively
using CV026 strain. Firstly, wild type and recombinant strains of S. lividans were grown in agar plates
containing TSB broth [68]. Tioestreptone (5 μg/mL) was added to the plates used for recombinant
S. lividans. Wild type S. lavendulae was grown in agar plates containing SYCC broth [68]. Wild type
A. utahensis was grown in agar plates containing sucrose (3.0 g/L), soy peptone (0.5 g/L), K2HPO4
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(1.0 g/L), KCl (0.5 g/L), MgSO4·7H2O (0.5 g/L), FeSO4·7H2O (0.002 g/L) pH 6.5 [23]. All actinomycetes
culture plates were incubated for 3–4 days at 30 ◦C. Afterwards, 1 μL of 1 mM C8-HSL solution was
added in the growth borderline and then a 15% soft LB agar inoculated with CV026 was layered on top
of actinomycetes cultures. After solidification, plates were incubated for 24 h at 30 ◦C. QS interference
activity was observed through violacein inhibition.

3.5. Inhibition of Biofilm Formation by Pseudomonas Aeruginosa on Glass Slides

SlPA immobilization was achieved by using 3-APTS ((3-aminopropil)-triethoxysilane) and
glutaraldehyde. In this study, the method was followed as described elsewhere [72]. Glass slides
preparation. Lab-Tek slides (Lab-Tek II Chamber Slide system, Thermo Fisher) were washed by stirring
in methanol (1 mL/well) to remove any organic contaminant, washed 5 times with distilled water
and then 2 mL 5 N NaOH was added to the cleaned slides, rinsed 5 times with excess water until
NaOH was removed and the water reached pH 7.0. Slides were incubated with 1 mL of freshly
prepared 3-APTS 10% (v/v) in water during 2 h and then washed thoroughly with abundant water to
remove 3-APTS molecules not linked to the surface of support. The following steps were done: Soak
derivatized slides in freshly prepared 10% (v/v) glutaraldehyde in deionized water during 4 h at 25 ◦C.
Rinse 5 times with distilled water to remove any adsorbed cross-linker. Dry the activated slides in
the air. The free terminal aldehyde groups must be subsequently cross-linked to amines groups on
the enzyme surface through Schiff’s base formation by incubating support in the enzyme solutions.
Enzyme immobilization. Treated slides were used for immobilization of 0.36 IU/mL SlPA (1 mL/well at
room temperature/overnight) in phosphate buffer 0.1 M, pH 7.0. One international activity unit (IU)
was defined as the amount of enzyme producing 1 μmol/min of 6-APA using penicillin V as substrate
under the assay conditions described elsewhere [28]. Control slides were filled with 1 mL phosphate
buffer 0.01 M, pH 7.0 overnight at room temperature. After incubation, slides were rinsed 5 times with
3 mL phosphate buffer 0.1 M, pH 7.0 per well and incubated in 2 mL/well 100 mM glycine dissolved
in 0.1 M phosphate buffer, pH 7.0 for 30 min to block any unreacted aldehyde groups during 30 min.
Slides were soaked 5 times with 3 mL/well 0.1 M phosphate buffer, pH 7.0. The resulting immobilized
enzymes can be held at 4 ◦C prior to use. The amount of immobilized vs. non immobilized enzymes on
slides was determined by measuring penicillin V acylase activity [28]. Only a 33% of the initial acylase
activity was recovered. Chambered slides were used for P. aeruginosa biofilm development by using
Luria Bertani broth (LB) as culture media at 28 ◦C on a rotary bed shaker (100 rpm). Chambered slides
were prepared in four different ways as described before: non-treated; treated with SlPA bound to
silanized slides; treated with heat inactivated SlPA (70 ◦C, 10 min) bound to silanized slides; and SlPA
incorporated to LB medium and added to untreated slides. P. aeruginosa was spotted on LB agar and
grown overnight at 37 ◦C. Then, a cellular suspension of 0.1 O.D. (λ500nm) was prepared and inoculated
(100 μL/chamber) containing 2 mL LB. Chambered slides with fitted lids were incubated at 28 ◦C for
24 h in a closed, humidified container. The slides were then carefully washed to remove planktonic
organisms, the chamber was removed and the biofilm development was microscopically followed
by DIC microscopy (Nikon Eclipse 80i microscope with a Nikon Digital Sight camera). Evaluation
of enzyme immobilization by epifluorescence microscopy. This procedure was carried out according to
Hormigo et al. [28] with slight variations. Slide-immobilized enzyme was incubated with 5 mL of
phosphate-buffered saline (PBS) (8 g of NaCl, 0.2 g of KCl, 0.2 g of KH2PO4 and 1.41 g of Na2HPO4

/2H2O in 1 L of water, pH 7.4) containing 1% (w/v) BSA for 30 min. Then, the glass slide was washed
three times with 5 mL of PBS containing 0.1% (w/v) BSA and incubated for 2 h at 37 ◦C with 5 mL of an
antibody to SlPA solution prepared in PBS with 0.1% (w/v) BSA. Next, the biocatalysts were washed
again with 5 mL of PBS containing 0.1% (w/v) BSA, and incubated for 2 h at 25 ◦C with 5 mL of Alexa
Fluor 488 dye goat anti-rabbit whole antibody conjugate prepared in PBS with 0.1% (w/v) BSA at a
final concentration of 5 mg antibody conjugate/mL. Negative control experiments were carried out
to check for non-specific binding of the secondary antibody to the support. Immobilized derivatives
were washed three times with 5 mL of PBS containing 0.01% (w/v) BSA for 10 min, followed by three
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washings with 5 mL of PBS for 10 min and finally three washings with 5 mL of deionized water for
5 min. The degree of SlPA immobilized on glass slides was then analyzed using an Olympus BX61
epifluorescence microscope at ×400 total magnification. Activity was also determined in silanized
glass chambers.

3.6. Protein Sequence Alignments

The evolutionary history was inferred using the neighbor-joining method [73]. The percentage of
replicate trees in which the associated taxa clustered together in the bootstrap test (1000 replicates) was
shown next to the branches [74]. The tree was drawn to scale, with branch lengths in the same units as
those of the evolutionary distances used to infer the phylogenetic tree. The evolutionary distances
were computed using the p-distance method [75] and were in the units of the number of amino acid
differences per site. All ambiguous positions were removed for each sequence pair (pairwise deletion
option). Evolutionary analyses were conducted in 3DM [45,46] and MEGA X [76], whereas multiple
sequence alignment of several enzymes was carried out with Clustal Omega. Optimal global alignment
of two sequences were performed using the Needleman–Wunsch algorithm (within Clustal Omega) in
order to calculate sequence identity.

4. Conclusions

We have demonstrated that reported enzymes, penicillin acylase from Streptomyces lavendulae and
aculeacin A acylase from Actinoplanes utahensis, are an interesting extension of hydrolytic (Ntn) enzymes,
with potential for biocatalytic applications. They hydrolyze aliphatic penicillins and the antifungal
aculeacin A, and are also able to efficiently hydrolyze the amide bonds of several N-acyl-homoserine
lactones (AHLs), quorum sensing molecules from Gram-negative bacteria. Furthermore, both enzymes
inhibit the production of violacein by Chromobacterium violaceum CV026, and the formation of biofilms
by Pseudomonas aeruginosa. In addition, the comparative sequence analysis has revealed high identities
between both enzymes and AHL quorum quenching acylases.

These results indicate that penicillin acylase from Streptomyces lavendulae and aculeacin A acylase
from Actinoplanes utahensis are involved in QQ processes and both of them could be used for biofouling
control in MBR systems and in antimicrobial therapy to prevent colonization of biological surfaces by
pathogenic Gram-negative bacteria.

Finally, these enzymes could be considered as versatile biocatalysts, able to hydrolyze the amide
bond between an aliphatic acyl side chain and a nucleus containing an amino group, which are present in
many substrates (e.g., aliphatic penicillins, aculeacin A and N-acyl-homoserine lactones), in addition to
catalyzing the acylation to obtain new semi-synthetic β-lactam antibiotic and echinocandins antifungals.
Moreover, the phylogenetic study suggests that SlPA and AuAAC could be part of a new family of
actinomycete acylases, with a preference towards substrates with long chain aliphatic acyl groups that
are involved in QQ processes.
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s1. Figure S1: Hyperbolic regression of the activity at different concentrations of several AHLs. Figure S2:
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Figure S3: Correlated mutations matrix for the 5C9IA subfamily. Figure S4: Sequence alignment of SlPA and
AuAAC with other homologues from the AHL acylase group A. Table S1: Amino acids residues at different
positions selected in SlPA according to the structure-based alignment from the 3DM database.
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Abstract: We have developed a sustainable three-stage process for the revaluation of cheese whey
permeate into D-tagatose, a rare sugar with functional properties used as sweetener. The experimental
conditions (pH, temperature, cofactors, etc.) for each step were independently optimized. In the first
step, concentrated whey containing 180–200 g/L of lactose was fully hydrolyzed by β-galactosidase
from Bifidobacterium bifidum (Saphera®) in 3 h at 45 ◦C. Secondly, glucose was selectively removed
by treatment with Pichia pastoris cells for 3 h at 30 ◦C. The best results were obtained with 350 mg
of cells (previously grown for 16 h) per mL of solution. Finally, L-arabinose isomerase US100 from
Bacillus stearothermophilus was employed to isomerize D-galactose into D-tagatose at pH 7.5 and 65 ◦C,
in presence of 0.5 mM MnSO4. After 7 h, the concentration of D-tagatose was approximately 30 g/L
(33.3% yield, referred to the initial D-galactose present in whey). The proposed integrated process
takes place under mild conditions (neutral pH, moderate temperatures) in a short time (13 h), yielding
a glucose-free syrup containing D-tagatose and galactose in a ratio 1:2 (w/w).

Keywords: biocatalysis; glycosidases; isomerases; Pichia pastoris; sweeteners; rare sugars; cheese whey;
sustainable chemistry

1. Introduction

D-Tagatose is one of the most promising low-calorie functional sweeteners [1]. It is a ketohexose,
namely a C4 epimer of D-fructose. It is a rare sugar only found at small quantities in the gum exudates
of the tropical tree Sterculia setigera and in several dairy products, e.g., in Ultra-High-Temperature
(UHT) sterilized cow’s milk [2]. It is heat tolerant, very stable at pH values between 2.0 to 7.0, and highly
soluble in water (58% w/w at room temperature). It possesses a sucrose-like taste with 92% of its
sweetness but contributing only 1.5 kcal/g (38% compared to sucrose) [3], with no cooling effect or
aftertaste [4]. D-Tagatose was approved as a novel food in the European Union [3] and has obtained
GRAS status by FDA in USA [5]. It is also approved in many other countries and is being widely used
in foods, beverages, and dietary supplements [6,7].

Only 20% of the ingested D-tagatose is absorbed in the small intestine [8]. Since the remaining 80%
seems to favourably modulate the composition of the gut microbiota [9], this sugar has been proposed
as a potential prebiotic. In addition, D-tagatose is able to modulate lipid metabolism, minimize tooth
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decay, promote blood health, and reduce the symptoms associated with type 2 diabetes, hyperglycemia,
anemia, and haemophilia [10–12].

Several chemical [13,14] and chemoenzymatic [15,16] methods have been described for D-tagatose
synthesis. In this context, the chemical manufacture of D-tagatose involves the use of metal hydroxides
and calcium chloride, the neutralization with mineral acids and the implementation of complex
purification steps due to by-product generation [6]. Therefore, enzymatic methods are the most
appropriate for D-tagatose production in terms of selectivity, efficiency and environmental impact [17].
Several enzymes have been investigated for D-tagatose synthesis, e.g. phosphoglucose isomerase [18],
galactitol 2-dehydrogenase [19] and L-arabinose isomerase (L-AI) [20]. The main reaction catalyzed
by L-AI is the bioconversion of L-arabinose into L-ribulose, however, it also promotes efficiently the
isomerization of D-galactose to D-tagatose [21]. In fact, most of the publications on the enzymatic
synthesis of D-tagatose use L-AI as biocatalyst [22–24].

D-Tagatose production typically begins with D-galactose [25–28], which is quite expensive in its
pure form. The valorization of galactose-rich byproducts such as agar [29] or whey [30] is much more
attractive from the economic and environmental points of view. Moreover, cheese whey generates
significant environmental and health issues due to its large volume production and high organic
content [31]. With this aim in mind, several groups have reported the production of D-tagatose from
cheese whey in liquid or powdered form [30,32–36], yielding a mixture of D-tagatose, D-galactose
and D-glucose. Since the physicochemical properties of the three monosaccharides are quite similar,
the isolation of pure D-tagatose is a difficult task [32].

In order to increase the efficiency of the process, several groups have co-expressed β-galactosidase
and L-AI in Pichia pastoris [37], Corynebacterium glutamicum [33] or Escherichia coli [30,32,38] for the
simultaneous lactose hydrolysis and D-galactose isomerization. The main drawback of this approach
is that the optimum pH and temperature of L-AI and β-galactosidase are substantially different,
thus limiting the efficiency of the whole process.

The presence of D-glucose in D-tagatose syrups is clearly undesirable, especially because one
of the main properties of D-tagatose is its antidiabetic effect [6]. In order to eliminate the glucose
released during lactose hydrolysis, Wanarska et al. took advantage of the presence of glucose
to cultivate Pichia pastoris (which co-expressed L-AI and β-galactosidase) [37]. Another approach
addressed by Zhan et al. [39] and Zheng et al. [32] was the implementation of a second step of
D-glucose (and eventually D-galactose) fermentation by Saccharomyces cerevisiae which may render
both D-tagatose and bioethanol.

In this work, we report a three-step process for the bioconversion of concentrated whey permeate
into D-tagatose using free enzymes and whole cells. In the first stage, β-galactosidase hydrolyzed
lactose. This was followed by treatment with Pichia pastoris cells to remove the released D-glucose.
Finally, L-AI isomerized D-galactose into D-tagatose. The three stages were independently optimized
to obtain the highest efficiency.

2. Results and Discussion

2.1. Chemical Composition of Whey Permeate

It is well reported the effect of metal ions on the activity and stability of many enzymes, including
those involved in the transformation of carbohydrates, and in particular in the two enzymes involved in
the present work: β-galactosidase [40] and L-arabinose isomerase [41]. In particular, several members
of these two families are activated by divalent cations such as Co2+, Mn2+ and Mg2+ [21,42]. For that
reason, we measured by semiquantitative ICP-MS the composition of the concentrated whey permeate
employed in this work. Table 1 summarizes the concentration of metal ions present at higher amounts
than 0.1 ppm. As shown, the concentration of Mg2+ was significant (98 mg/L) but the presence of Co2+

and Mn2+ was negligible.
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Table 1. Metal ions present in whey permeate at concentrations higher than 0.1 ppm, determined by
semiquantitative ICP-MS.

Analyte Concentration (ppm)

Na 390
Mg 98
K 1492
Ca 829
Ti 0.35
Fe 0.18
Zn 1.1
Rb 1.6
Sr 0.45

Mo 0.1

2.2. Hydrolysis of Whey Permeate by β-Galactosidase from Bifidobacterium bifidus

The concentration of lactose in the cheese whey permeates employed in this work varied between
180–200 g/L depending on the batch, as determined by HPAEC-PAD. The pH of whey was adjusted to
6.8. We selected Bifidobacterium bifidum β-galactosidase (Saphera®, Novozymes, Bagsværd, Denmark)
for the hydrolysis of lactose in whey because we recently observed that at lactose concentrations
lower than 200 g/L the main reaction catalyzed by this enzyme is the hydrolysis with negligible
transgalactosylation [43]. In order to standardize the dose of enzyme, we measured the activity
of Saphera with o-nitrophenyl-β-D-galactopyranoside (ONPG). The activity was 1506 ± 0.1 U/mL
at 40 ◦C and pH 6.8, which are the typical preferred conditions for several β-galactosidases from
Bifidobacteria [44,45].

First, we analyzed the effect of temperature on lactose hydrolysis in whey permeate. We assayed
three different temperatures (30, 40 and 45 ◦C) using 2.5 μL (3.75 ONPG units) per mL of whey.
HPAEC-PAD showed that the fastest reaction was the one performed at 45 ◦C (Table 2). Under these
conditions, all the lactose is hydrolyzed in 3 h. We further increased the enzyme concentration up to
7.50 ONPG units per mL but the improvement in the hydrolysis process was not substantial. In order
to minimize the cost for the process, we selected the lowest concentration of this enzyme.

Table 2. Effect of temperature on the progress of lactose hydrolysis in whey permeate by Saphera,
using 2.5 μL of enzyme (3.75 ONPG units) per mL of whey permeate.

Temperature
(◦C)

Residual lactose (%) a

30 min 60 min 90 min 120 min 150 min 180 min

30 89.3 81.5 76.6 65.5 57.1 24.7
40 73.4 45.6 39.7 36.9 21.3 18.7
45 76.3 31.7 29.8 26.1 10.7 0

a Measured by HPAEC-PAD.

2.3. Study of the Growth Time and Concentration of Pichia pastoris for Elimination of D-Glucose

Pichia pastoris is capable of using D-glucose, glycerol and methanol as carbon sources but not
D-galactose [46]. In this context, Avila-Fernandez et al. successfully employed P. pastoris cells to
selectively eliminate glucose and fructose in a syrup of fructooligosaccharides obtained by agave
fructan hydrolysis [47]. Based on such background, the elimination of D-glucose using P. pastoris cells
was postulated for the second step of the reaction.

We first developed a simple and fast test to evaluate the effect of P. pastoris growing time on
the further consumption of glucose. Thus, samples from a P. pastoris culture were taken every two
hours (after an initial lag phase of 6 h), and the absorbance at 600 nm (as turbidity measurement) of
all samples was adjusted to the absorbance at 6 h, to have the same concentration of cells but with
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different growing times. The P. pastoris cells were then mixed with a solution containing 1 g/L of both
D-glucose and D-galactose, and the mixture was incubated for 10 min at 30 ◦C. The cells were separated
by centrifugation and the concentration of both sugars was analyzed by HPAEC-PAD (Figure 1).
Our results showed that the most voracious cells were those corresponding to 12–16 h growing time.
It is well reported that these times correspond the exponential phase of growth of P. pastoris [48].

Figure 1. Effect of the growth time of Pichia pastoris on the elimination of D-glucose. Experimental
conditions: 1 g/L D-glucose, 1 g/L D-galactose, 10 min, 30 ◦C.

The next step was to determine the amount of cells (grown for 16 h) required to consume
the glucose (90–100 g/L) released after lactose hydrolysis in whey permeate. Different amounts of
Pichia pastoris cells (100–600 mg of wet weight) were added to 1 mL of a solution containing 100 g/L of
D-glucose and 100 g/L D-galactose. The residual glucose was analyzed at 1, 2 and 3 h by HPAEC-PAD
(Figure 2). As illustrated, the glucose disappeared in one hour using 600 mg of P. pastoris cells per
mL. However, adding 350 mg of cells per mL, the total disappearance of glucose took place in two
hours, and the mass transfer limitations were less significant than with 600 mg cells per mL. On this
basis, we selected 350 mg of cells per mL (3 h incubation) to assure the elimination of glucose in the
integrated 3-step process for D-tagatose synthesis.

 

Figure 2. Effect of the amount of cells (wet weight) of Pichia pastoris on the elimination at 30 ◦C of
D-glucose in a solution containing 100 g/L of both D-glucose and D-galactose.

2.4. Effect of pH and Temperature on the Stability of L-Arabinose Isomerase

The L-arabinose isomerase (L-AI US100) from Bacillus stearothermophilus is a multimeric enzyme
formed by four 56 kDa monomers [49]. Compared with other L-arabinose isomerases, L-AI US100 is
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relatively active at neutral and slightly acidic pH, and at moderate temperatures [50]. These properties
are very valuable because at the typical conditions of alkaline pH and high temperature the formation of
undesired byproducts in bioconversions of sugars is quite common [51]. For these reasons, L-AI US100
was selected for the transformation of whey permeate into D-tagatose.

In order to establish the optimal conditions for the biotransformation, the stability of L-AI US100
towards pH was evaluated by pre-incubation (at room temperature) of the enzyme for 1 h at pH values
between 3.0 and 10.0 employing 0.1 M Britton & Robinson buffer. After that, the L-arabinose isomerase
activity was measured following the standard activity assay (at 65 ◦C and pH 7.5, see Experimental
Section). The results shown in Figure 3A represent the relative activity of pre-treated L-AI compared
with the non-incubated enzyme. As illustrated, the enzyme is very unstable at pH values below 6.0
and is notably stable at neutral and moderately alkaline pH values.

Figure 3. Stability of L-arabinose isomerase US100 from Bacillus stearothermophilus towards: (A) pH;
(B) temperature. The pre-incubation time in both cases was 1 h.

The thermal stability of the enzyme was determined by pre-incubating the L-AI US100 for 1 h at
temperatures between 4 and 80 ◦C in 100 mM MOPS buffer (pH 7.5). Following this incubation, the L-AI
activity was measured by the standard activity assay (at 65 ◦C and pH 7.5). As shown in Figure 3B,
the enzyme is very stable at temperatures up to 65 ◦C, and was fast inactivated at temperatures higher
than 70 ◦C.

2.5. Effect of Cofactors, pH and Temperature on the Activity of L-Arabinose Isomerase

The effect of metal cofactors on the activity of L-arabinose isomerase (L-AI US100) from
B. stearothermophilus at 65 ◦C and neutral pH was assessed. Four different reactions were performed
in absence or presence of 0.5 mM MnSO4 and/or 0.1 mM CoCl2. The reactions were carried out with
20 g/L galactose in 100 mM MOPS buffer (pH 7.5) at 65 ◦C for 4 h. Results are displayed in Figure 4.

As shown, CoCl2 had a negligible effect on the yield of D-tagatose under these conditions.
However, the production of D-tagatose in the presence of 0.5 mM MnSO4 was approximately 40%
higher compared with the control.

These results correlate well with previous findings on the effect of metallic ions on the L-AI US100
activity and thermostability. The effect of divalent cations on L-AI US100 must be particularly
considered at temperatures higher or equal to 65 ◦C [49]. In fact, at temperatures above 65 ◦C both Mn2+

and Co2+ exert a significant influence on the thermostability of L-AI US100. Since a temperature of
65 ◦C was selected for the isomerization reaction, and considering that the conversion from D-galactose
to D-tagatose was higher in presence of MnSO4 in the reaction medium, we decided to maintain
MnSO4 but not CoCl2 in the integrated process from whey to D-tagatose.
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Figure 4. Effect of metal ions on the activity of L-arabinose isomerase US100 from B. stearothermophilus,
in absence or presence of 0.5 mM MnSO4 and/or 0.1 mM CoCl2. Experimental conditions: 20 g/L
D-galactose, 100 mM MOPS (pH 7.5), 0.65 U/mL L-AI, 65 ◦C. The concentration of D-tagatose was
measured after 4 h by HPAEC-PAD.

Furthermore, we analysed the effect of pH and temperature on the production of D-tagatose.
We selected the range of pH (7.0–9.5) and temperature (40–65 ◦C) at which the L-arabinose isomerase
from B. stearothermophilus was stable (see Figure 3). The reactions were carried out with 20 g/L galactose
in 100 mM MOPS buffer for 4 h, in presence of 0.5 mM MnSO4. Results are shown in Figure 5. It remains
clear that temperature substantially affects the reaction course. The highest production of D-tagatose
in 4 h (7–8 g/L, 35–40% yield) was achieved at 65 ◦C. The reaction was 6–7 fold faster than at 40 ◦C.
Regarding the pH, its effect was very much lower than that of temperature (Figure 5).

 
Figure 5. Effect of temperature and pH on the production of D-tagatose by L-arabinose isomerase
US100 from B. stearothermophilus. Experimental conditions: 20 g/L D-galactose in buffer 100 mM MOPS
containing 0.5 mM MnSO4, 0.65 U/mL L-AI. The concentration of D-tagatose was measured after 4 h
by HPAEC-PAD.

Considering the results on the effect of pH, temperature and metal cofactors on the stability and
activity of L-AI US100, we selected pH 7.5, 65 ◦C and 0.5 mM MnSO4 as the optimal experimental
conditions for the integrated process. These results represent a compromise between activity and
stability of the enzyme and correlate well with previous studies reported with this enzyme by using fast
spectrophotometric assays [49,50,52] rather than chromatographic analysis by HPAEC-PAD performed
in this work.
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2.6. Sequential Biotransformation of Whey Permeate into D-Tagatose

We propose a three-step process for D-tagatose synthesis from whey permeate based on the
experimental conditions that were previously optimized. In the first stage, the lactose (180–200 g/L)
contained in whey is hydrolyzed by β-galactosidase from Bifidobacterium bifidum (7.5 U/mL).
Total hydrolysis is achieved in 3 h at 45 ◦C. Figure 6 shows a HPAEC-PAD chromatogram illustrating
the complete disappearance of lactose in the reaction medium.

 
Figure 6. HPAEC-PAD chromatograms showing the bioconversion of whey permeate into D-tagatose
syrup. (I) Original whey permeate; (II) After treatment with β-galactosidase from B. bifidum;
(III) After removal of glucose with P. pastoris cells; (IV) After isomerization with of L-arabinose
isomerase US100. Gal: D-Galactose; Glc: D-glucose; Taga: D-tagatose; Lact: D-Lactose.

In the second step, the hydrolyzate is treated with Pichia pastoris cells (350 mg of cells per
mL, obtained as described elsewhere) during 3 h at 30 ◦C. As shown in Figure 6, all the glucose is
metabolized by the yeast and the amount of D-galactose remains intact. After centrifugation to remove
the cells, the pH of supernatant is adjusted to 7.5 (because the medium is acidified during the treatment
with P. pastoris) and MnSO4 is added to reach a final concentration of 0.5 mM. These adjustments
prepare the mixture for the third step.

Finally, L-arabinose isomerase L-AI US100 is added (0.65 U per mL in the mixture, measured by
the standard assay). The reaction is incubated at 65 ◦C and different aliquots are taken to follow the
progress of the reaction. As depicted in Figure 6, D-tagatose is formed and the final product contains a
mixture of D-tagatose and D-galactose.

Figure 7 shows the progress of D-tagatose formation over time. The concentration of D-tagatose
increases rapidly during the first four hours and then tends to stabilize in approximately 30 g/L.
Starting of a whey permeate with 180 g/L lactose, the yield of D-tagatose referred to lactose was 16.7%,
and 33.3% referred to the D-galactose present in whey. We believe that this yield could be improved by
using a higher concentration of L-AI thus minimizing the enzyme inactivation effects (see Figure 3).

Wanarska et al. reported a 30% yield of D-tagatose (referred to D-galactose) using a strain of
Pichia pastoris that co-expressed L-AI and β-galactosidase, starting of a whey permeate containing
110 g/L lactose [37]. Zheng et al. employed a whey with 110 g/L lactose to get 43.6% yield of
D-tagatose (referred to D-galactose) using a genetically engineered strain of Escherichia coli that
expressed L-AI [32]. Similar results (40.4% yield) were reported by Xu et al. employing E. coli
that co-expressed a β-galactosidase from Thermus thermophilus and L-arabinose isomerase from
Lactobacillus fermentum [38,39]. Jayamuthunagai et al. reported 38% yield of D-tagatose (referred to
D-galactose) from a hydrolyzed whey permeate containing 300 g/L D-galactose, using permeabilized
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and alginate-entrapped cells of Lactobacillus plantarum [36]. Shen et al. expressed xylose isomerase
and L-AI in a strain of Corynebacterium glutamicum able to metabolize lactose. Starting from whey
containing 98 g/L lactose, they obtained 20.4 g/L D-tagatose (44% yield referred to D-galactose) [33].

Figure 7. Progress of formation of D-tagatose from D-galactose syrup obtained by hydrolysis of whey
permeate. Experimental conditions: 90 g/L D-galactose (coming from 180 g/L lactose in whey permeate),
0.65 U/mL L-arabinose isomerase US100, 0.5 mM MnSO4, pH 7.5, 65 ◦C.

A scheme summarizing the different steps of the integrated process is presented in Figure 8.

Figure 8. Scheme of the integrated process for bioconversion of whey permeate into D-tagatose syrup.

3. Materials and Methods

3.1. Enzymes and Reagents

L-Arabinose isomerase (L-AI) from Bacillus staerothermophilus US100 (L-AI US 100) was
recombinantly produced in E. coli as described in previous publications [50,52,53]. The β-galactosidase
from Bifidobacterium bifidus (Saphera®, Novozym 46091) was gently donated by Novozymes A/S
(Bagsværd, Denmark). Pichia pastoris GS115 (his4) was obtained from Invitrogen (Carlsbad, CA, USA).
Concentrated whey permeate (180–200 g/L) was kindly donated by Innolact (Castro de Rei, Lugo,
Spain). D-Galactose and D-glucose were purchased from Sigma-Aldrich (Madrid, Spain). D-Tagatose
was acquired from Tokyo Chemical Industry Co. (Tokyo, Japan). Lactose and sodium acetate trihydrate
were from Fisher Chemical (Madrid, Spain). NaOH 50% (v/v) was from Acros Organics (Geel, Belgium).
All other reagents and solvents were of the highest purity grade available.
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3.2. Elemental Analysis of Whey Permeate using Inductive Coupled Plasma Mass Spectrometry

Semiquantitative analysis of metals in whey permeate was performed on a NexION 300X
Inductively Coupled Plasma-Mass Spectrometer (ICP-MS, PerkinElmer, Waltham, MA, USA) equipped
with Universal Cell Technology, as previously described [54].

3.3. β-Galactosidase Activity Assay

The assay of β-galactosidase activity was performed using o-nitrophenyl-β-D-galactopyranoside
(ONPG) as substrate. The activity was measured at 40 ◦C following o-nitrophenol (ONP) release at
405 nm using a microplate reader (Versamax, Molecular Devices, San Jose, CA, USA). The reaction was
started by adding 10 μL of the enzyme solution (properly diluted) to 190 μL of 15 mM ONPG in 0.1 M
sodium phosphate buffer (pH 6.8). The increase of absorbance at 405 nm was followed continuously at
40 ◦C during 5 min. The molar extinction coefficient of o-nitrophenol at pH 6.8 was 1627 M−1 cm−1.
One unit of activity (U) was defined as the corresponding to the hydrolysis of 1 μmol of ONPG per
min under the above specified conditions.

3.4. Lactose Hydrolysis in Whey by Bifidobacterium Bifidum β-Galactosidase

Concentrated whey permeate (2 mL, containing 180–200 g/L lactose) was mixed with
β-galactosidase from Bifidobacterium bifidum (Saphera®, 5–10 μL, 3.75–7.5 ONPG units per mL).
The mixture was incubated at 30, 40 or 45 ◦C in an orbital shaker (Vortemp 1550, Labnet International,
Big Flats, NY, USA) at 200 rpm. 200 μL aliquots were taken from the reaction vial each 30 minutes until
3 hours. The enzyme was then inactivated by incubating the samples in a Thermomixer (Eppendorf,
Hamburg, Germany) for 10 min at 95 ◦C. Samples were then filtered using micro-centrifuge filter tubes,
with 0.45 μm cellulose acetate filters (National Scientific, Claremont, CA, USA) at 6000 rpm for 5 min.
The samples were diluted with water (1:400 and 1:4000) and then analysed using HPAEC-PAD.

3.5. Effect of Growth Time and Concentration of Pichia pastoris on the Elimination of D-Glucose

Pichia pastoris preculture was grown in 5 mL of 1% yeast extract, 1% peptone and 2% dextrose
(all w/v) liquid medium (YEPD) at 30 ◦C and 1200 rpm for 24 h. After this time, the absorbance was
measured, and 1 mL of preculture was added to a 250 mL flask containing 25 mL of YEPD, which was
left growing at 30 ◦C and 1200 rpm. The first sample was taken at 6 h. The optical density (OD) was
measured at 600 nm in a UV-1800 spectrophotometer (Shimadzu, Kioto, Japan) taking this OD as the
reference value. The cells were centrifuged and washed three times with distilled water to remove
the remaining medium from the cells. Samples were taken every 2 h until 24 h. Before centrifugation,
all the samples were diluted to reach the reference value of absorbance, with the aim of having the same
amount of cells in the experiments but with different growing times. Reactions with P. pastoris cells
were performed adding 500 μL of a solution containing 1 g/L D-glucose and 1 g/L D-galactose to the
cells. Reactions were incubated in a tube rotator (Argos Technologies Inc., Vernon Hills, IL, USA) for
10 min at 30 ◦C, then samples were centrifuged, the supernatant was inactivated at 95 ◦C for 10 min and
analyzed by HPAEC-PAD. To determine the amount of cells required to consume the glucose expected
in the sequential process for production of D-tagatose, different amounts of P. pastoris cells (300, 400,
500 and 600 mg of wet weight) were added to 1 mL of a solution containing 100 g/L D-glucose and
100 g/L D-galactose. Aliquots were withdrawn at 1, 2 and 3 h. After each extraction, the samples were
centrifuged at 10,000 rpm for 3 min and the concentration of glucose and galactose in the supernatant
was analyzed by HPAEC-PAD.

3.6. L-Arabinose Isomerase Activity Assay

The L-arabinose isomerase (L-AI) activity was determined adding the enzyme to a solution
containing 20 g/L of D-galactose in 100 mM MOPS buffer (pH 7.5) containing 0.5 mM MnSO4 and
0.1 mM CoCl2. The mixture was incubated at 65 ◦C for 4 h, and the reaction stopped in a water bath at
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90 ◦C for 10 min. The concentration of D-tagatose was measured by HPAEC-PAD. One unit of L-AI
activity (U) was defined as the corresponding to the formation of 1 μmol of D-tagatose per minute,
under the conditions specified above.

3.7. Stability of L-Arabinose Isomerase

The stability of L-arabinose isomerase (L-AI US 100) from B. stearothermophilus towards pH was
assessed pre-incubating the enzyme at different pH values (3.0 to 10.0) in 0.1 M Britton & Robinson
buffer [55] at room temperature for 1 h. The thermal stability of the enzyme was determined by
pre-incubating the L-AI at 4, 20, 30, 40, 50, 65, 70 and 80 ◦C in 100 mM MOPS buffer (pH 7.5) for 1 h.
After incubation, the remaining L-arabinose isomerase activity was measured following the standard
activity assay (Section 3.6). The activity of pre-treated L-AI US100 was compared with the activity of
non-pre-incubated enzyme that was taken as control (100%).

3.8. Effect of Metals, pH and Temperature on the Activity of L-Arabinose Isomerase

To analyze the effect of metal cofactors on the activity of L-arabinose isomerase (L-AI US 100),
different reactions were carried out in presence of 0.5 mM MnSO4 and/or 0.1 mM CoCl2. The reactions
were carried out with 20 g/L galactose in 100 mM MOPS buffer (pH 7.5) at 65 ◦C for 4 h, using 0.65 U/mL
L-AI, and the concentration of D-tagatose was determined by HPAEC-PAD. A control reaction without
cofactors was also performed. To determine the best reaction conditions for the enzyme, different
values of pH (7, 7.5, 8, 8.5, 9, 9.5) and temperature (40, 50, 60 and 65 ◦C) were tested, in a reaction
containing 20 g/L of D-galactose, 0.5 mM of MnSO4 in 100 mM MOPS buffer (pH 7.5) and 0.65 U/mL
L-AI. After 4 h, the reaction mixtures were analyzed by HPAEC-PAD.

3.9. Sequential Biotransformation of Whey Permeate into D-Tagatose

The biosynthesis of D-tagatose syrup from whey permeate was performed in three steps. Initially,
the pH of whey was adjusted to 6.8. In the first stage, β-galactosidase from Bifidobacterium bifidum
(5 μL, 7.5 U/mL measured with ONPG) was added to 2 mL of concentrated whey permeate (containing
180–200 g/L lactose, depending on the batch). The mixture was incubated for 3 h in an Envirogenie
orbital stirrer (Scientific Industries Inc., Bohemia, NY, USA) at 45 ◦C. The second step involved the
treatment of the hydrolyzate with 700 mg (wet weight) of Pichia pastoris cells (previously grown for
16 h) and the mixture was incubated in an orbital shaker (Orbitron, Infors HT, Surrey, UK) for 3 h at
30 ◦C. Then, the cells were removed by centrifugation (model 5810, Eppendorf) at 5000 rpm for 20 min
at 4 ◦C. The supernatant was then separated from the cells and inactivated in a water bath at 90 ◦C
for 10 min. In the third stage, the pH of supernatant was adjusted to 7.5 and MnSO4 was added up
to a final concentration of 0.5 mM. Then, 1.3 units of L-arabinose isomerase L-AI US100 were added
(0.65 U/mL in the mixture). The reaction was incubated in a thermoshaker (model TS-100, Biosan, Riga,
Latvia) at 65 ◦C and 1500 rpm. Aliquots were taken every 30 min, filtered on UltraFree centrifugal
filters (0.45 μm, Millipore, Burlington, MA, USA) and analysed by HPAEC-PAD.

3.10. HPAEC-PAD Analysis

Sugar (D-galactose, D-glucose, D-tagatose, D-fructose and D-lactose) analysis was carried out
by high performance anion-exchange chromatography coupled with pulsed amperometric detection
(HPAEC-PAD) on an ICS3000 system (Dionex, Thermo Fischer Scientific Inc., Waltham, MA, USA)
consisting of a SP gradient pump, an electrochemical detector with a gold working electrode and
Ag/AgCl as reference electrode, and an autosampler (model AS-HV). All eluents were degassed by
flushing with helium. A pellicular anion-exchange 4 × 250 mm Carbo-Pack PA-1 column (Dionex)
connected to a 4 × 50 mm CarboPac PA-1 guard column was used at 30 ◦C. Eluent preparation was
performed with MilliQ water, 50% (w/v) NaOH and sodium acetate trihydrate. The compounds were
eluted by an isocratic method in which the mobile phase contained 10 mM NaOH and 2 mM sodium
acetate, using a flow rate of 1 mL/min for 25 min. The peaks were analyzed using the Chromeleon
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software. Identification of the different carbohydrates was carried out employing commercially
available standards.

4. Conclusions

The present work describes an environmentally friendly process for the bioconversion of cheese
whey, a lactose-rich byproduct of the food industry, into D-tagatose, a rare sugar that has become
one of the most promising low-calorie sweeteners in the market due to its functional properties.
The methodology is based in the complete hydrolysis of lactose by a bifidobacterial β-galactosidase,
followed by the selective removal of glucose with Pichia pastoris cells, and finally the isomerization of
the remaining D-galactose into D-tagatose by L-arabinose isomerase from Bacillus stearothermophilus.
The three steps were optimized independently in such a way that the integrated process is carried
out in a short time (13 h) yielding 33.3% of D-tagatose (referred to the initial D-galactose). The total
time could be even reduced by using a higher concentration of L-AI in the third step. One of the
main advantages of the proposed project is its sustainability, as the three steps take place under mild
conditions of pH (6.8–7.5), moderate temperatures (30–65 ◦C) and with completely biodegradable
catalysts. The final syrup is free of glucose, and contains D-tagatose and D-galactose in a ratio 1:2 (w/w).
This work opens new possibilities for the synthesis of D-tagatose and for the development of different
reaction engineering strategies including enzyme immobilization.
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Abstract: Aspergilli have been widely used in the production of organic acids, enzymes, and secondary
metabolites for almost a century. Today, several GRAS (generally recognized as safe) Aspergillus
species hold a central role in the field of industrial biotechnology with multiple profitable applications.
Since the 1990s, research has focused on the use of Aspergillus species in the development of cell
factories for the production of recombinant proteins mainly due to their natively high secretion capacity.
Advances in the Aspergillus-specific molecular toolkit and combination of several engineering
strategies (e.g., protease-deficient strains and fusions to carrier proteins) resulted in strains able to
generate high titers of recombinant fungal proteins. However, the production of non-fungal proteins
appears to still be inefficient due to bottlenecks in fungal expression and secretion machinery. After a
brief overview of the different heterologous expression systems currently available, this review
focuses on the filamentous fungi belonging to the genus Aspergillus and their use in recombinant
protein production. We describe key steps in protein synthesis and secretion that may limit production
efficiency in Aspergillus systems and present genetic engineering approaches and bioprocessing
strategies that have been adopted in order to improve recombinant protein titers and expand the
potential of Aspergilli as competitive production platforms.

Keywords: Aspergillus; fermentation; filamentous fungi; genetic engineering; heterologous
expression; recombinant protein; secretion; transcriptional regulation

1. Introduction

Proteins are functionally versatile biomolecules (e.g., enzymes, structural proteins, and hormones)
involved in multiple biological processes in the cell. Despite their role in supporting biological systems,
proteins have been extensively studied for their potential in the formulation of commercial products.
They often find applicability in the production of pharmaceuticals, food, beverages, biofuels, cosmetics,
detergents, etc. [1,2].

Market demand for industrially relevant proteins has guided research into exploring practices
that can lead to large-scale production levels [3]. The development of recombinant DNA technology
has opened up the possibility of producing recombinant proteins in heterologous expression systems
that can support high production yields. In that respect, any gene can now be transferred into a
production host able to generate large quantities of the corresponding protein of interest, avoiding
limitations related to the conventional extraction of the protein from its native host [4]. Human insulin
produced in E. coli cells was the first recombinant protein that was actually approved by the FDA for
clinical use. The recombinant insulin Humulin®, originally developed by Genentech, was eventually
commercialized in 1982 [3]. Since then, a plethora of other proteins with pharmaceutical and industrial
applications have successfully been synthesized in heterologous expression systems and have made
their way into the market [1].
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Today, recombinant proteins can be synthesized using a wide range of production platforms,
including bacteria, yeasts and filamentous fungi, mammalian or insect cells, and transgenic plants,
to name a few. Every heterologous production system though comes with certain advantages and
drawbacks (Table 1). In most cases, the structure and function of the protein of interest determines which
production system is the most appropriate to be used. For example, when it comes to manufacturing
therapeutic proteins of high quality, mammalian cell lines are predominantly used, as they can produce
complex, human-like glycosylated proteins that are safe for patients. In fact, almost 84% of the
biopharmaceutical proteins are currently produced by Chinese Hamster Ovarian (CHO) cell lines [5].

For the production of non-medicinal proteins, a more economical approach is usually followed,
using either bacterial or fungal production hosts [1,6,7]. While bacteria are often suitable for smaller
proteins that do not require complex post-translational modifications, production of larger and more
complex proteins is usually performed in yeast, e.g., Pichia pastoris [8]. However, yeasts have the
tendency to hyperglycosylate secreted proteins, and thus reduce their in vivo half-life and affect their
efficacy [9]. Additional limitations including low expression levels and plasmid instability have
restricted the use of some yeasts (e.g., S. cerevisiae) in the production of industrial enzymes [10].
An alternative production platform that can support low-cost synthesis of large proteins with complex
modifications, but with a lesser degree of hypermannosylation during glycosylation compared to yeast
is filamentous fungi. In addition, due to their saprophytic lifestyle, most filamentous fungi have already
developed the ability to produce and secrete a vast amount of enzymes in order to break down and
feed on organic matter [11]. Strains belonging to the genera Aspergillus, Trichoderma, and Neurospora
are in fact widely used for production of recombinant proteins with industrial applications [12–15].
Several reviews have described the potentials of filamentous fungi in the production of pharmaceutical
and other industrial proteins, as well as the genetic engineering approaches followed to maximize
production levels [7,16,17]. In this review, we specifically focus on the use of Aspergillus species in the
manufacturing of recombinant proteins. Bottlenecks in protein synthesis and secretion are discussed,
while our comprehensive literature search provides a general overview of the most important genetic
engineering projects and bioprocessing strategies applied over the past 30 years to improve recombinant
protein yields in Aspergillus.
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2. Industrial Application of Aspergilli

2.1. Traditional Uses of Aspergillus Species

The use of Aspergillus species in biotechnology begun approximately a century ago, when James
Currie, a food chemist, discovered that the filamentous mold A. niger was able to produce citric acid,
a food and beverage additive that was conventionally extracted from citrus fruits [25]. Since then,
production of citric acid, now performed in A. niger cultures that grow on inexpensive sugar-based
minimal media, has turned into a multibillion dollar business [26].

Nonetheless, industrial applications of Aspergilli are not limited to the production of citric acid.
Several species have been used as prolific producers of other organic acids (e.g., itaconic), secondary
metabolites, and enzymes of biotechnological significance [11]. For example, A. niger produces several
enzymes used in food and feed production such as glucoamylases, proteases, and phytases [26].
A. oryzae, traditionally used in Asian cuisine, has been exploited as a cell factory for producing malate,
which is used in the development of food and pharmaceutical products [27]. A. terreus has attracted
interest due to its ability to produce a group of secondary metabolites called statins that are used in
the production of cholesterol-lowering drugs [28]. In fact, AB Enzymes, BASF, Chr. Hansen, DuPont,
and Novozymes are only a few examples of companies that have been or are still using Aspergillus
species in large-scale manufacturing of commercial products such as organic acids, enzymes, proteins,
and secondary metabolites [29].

2.2. The Use of Aspergillus Species in Heterologous Protein Production

Filamentous fungi are generally considered promising hosts for production of recombinant
proteins, mainly due to their secretory capacity and metabolic versatility. However, only a few species
appear to be able to produce competitive recombinant protein levels and even fewer have been
developed into industrial production platforms. This can be attributed mainly to our incomplete
knowledge of fungal physiology. For example, the mechanisms behind protein production and
secretion in fungal cells are not yet fully understood for most of the species. In addition, the presence
of unwanted metabolites (e.g., mycotoxins) has excluded several fungi from industrial production [29].

Aspergillus is a genus that has been studied extensively due to its value as a model organism
in fungal research (A. nidulans) and its industrial importance in citric acid and enzyme production
(A. niger, A. oryzae) [26]. Several molecular tools (e.g., synthetic promoters and terminators, selection
markers, RNA interference-RNAi, and CRISPR-Clusters of Regularly Interspaced Short Palindromic
Repeats-associated technologies), suitable for Aspergillus species, have also been developed, facilitating
efficient and targeted manipulation of their genomes [30,31]. CRISPR/Cas, for example, a system
developed to create site-specific double strand DNA breaks, has been successfully applied in editing
the genome of A. niger [32–35], A. nidulans [35], A. oryzae [36], A. fumigatus [37], and other aspergilli [35].
With a relatively well-understood physiology (growth and development, gene expression, and secretion
machinery) and several molecular tools available, the GRAS A. niger has already been used in industrial
production of recombinant proteins, such as calf chymosin [38], human lactoferrin [39], and the
plant-derived sweetener neoculin [40]. Nevertheless, heterologous protein production in Aspergillus
species is not always efficient, leading to low production titers. In such cases, strategies that are usually
applied to improve titers involve genetic engineering of the production strains and establishing the
appropriate fermentation conditions.

3. Genetic Engineering Approaches for Aspergillus Strain Improvement

Due to their capacity to secrete large quantities of proteins into the culture medium, Aspergillus
species, and especially A. niger, are considered promising candidates for the development of large-scale
heterologous protein production platforms. However, production yields for heterologous proteins
are usually much lower compared to the ones detected for the native proteins. Failure to achieve
the desired protein amounts in Aspergillus cultures can be attributed to limitations related to
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transcription, translation, and the post-translation processing and modifications during protein
production. Additionally, bottlenecks in the fungal secretion machinery and the problem of extracellular
degradation by fungal proteases further hinder the efficient production of foreign proteins in Aspergillus
species [41]. These limitations during protein production in aspergilli will be discussed in detail in the
following paragraphs.

3.1. Transcriptional Regulation

3.1.1. Promoters

Regulation of protein synthesis begins on the level of transcription. The first step for achieving
high protein yields in heterologous production systems is the use of strong promoters that can drive
high gene expression. A variety of constitutively active (e.g., PgpdA, glyceraldehyde-3-phosphate
dehydrogenase promoter; PadhA, aldehyde dehydrogenase promoter; Ptef1, translation elongation
factor 1 promoter; and Ph4h3, histones H4.1 and H3 bidirectional promoter) and inducible promoters
(e.g., PglaA, glucoamylase promoter; PalcC, alcohol dehydrogenase promoter; and PamyA, amylase
promoter) are currently available for Aspergillus species [42,43].

Native inducible promoters are commonly used as being more efficient in achieving high protein
titers, as they allow separation of protein synthesis from biomass formation. This separation can also be
extremely useful when the protein to be produced is toxic for the fungus [42]. The inducible promoter
of the A. niger glucoamylase gene (PglaA) is frequently used in many Aspergillus expression systems.
Expression of glaA is highly induced when maltose or starch are used as carbon sources, but repressed
in the presence of xylose. High glaA expression levels have been correlated with a 5′cis-regulatory
element, and specifically the region within 500 bp upstream of the translational start codon. This region
(−464 to −426) contains a protein-binding CCAAT motif, crucial for the high activity of PglaA [44].
Insertion of eight copies of this region into the PglaA sequence significantly increased expression
levels of a heterologous gene (Vitreoscilla haemoglobin), multiplying protein production by almost
20-fold [45] (Table 2).

Table 2. Approaches for improving recombinant protein production through promoter engineering.

Process Modification Performance Improvement Factor Reference

Promoters Use of several promoters (P) in A. awamori

PB2 from Acremonium
chrysogenum: 0.25–2 mg/L

thaumatin

- [46]
PpcbC from Penicillium

chrysogenum: 0.25–2 mg/L
thaumatin

PgdhA from A. awamori:
1–9 mg/L thaumatin

PgpdA from A. nidulans:
0.75–11 mg/L thaumatin

Insertion of multiple copies of an activator
protein-binding site from the

cis-regulatory region of A. niger glaA to
the new promoter in A. niger

396.0 ± 51.5 mg/L of
Vitreoscilla hemoglobin

compared to 19.7 ± 4.8 mg/L
from the strain with 1 copy

20 [45]

Use of hybrid promoters (combination of
a human hERa-activated promoter

(pERE), S. cerevisiae URA3 promoter and
A. nidulans nirA promoter) in A. nidulans

pERE-RS-nirA + lacZ: 25 U
of β-galactosidase

activity/mg of protein
-

[47]

pERE-URA-nirA + lacZ:
100 U of β-galactosidase

activity/mg of protein
4

pERE-URA-RS + lacZ:
1400 U of β-galactosidase

activity/mg of protein
[1 pM inducer (DES)]

56
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Table 2. Cont.

Process Modification Performance Improvement Factor Reference

Use of a hemolysin-like protein promoter
(Phyl) for heterologous production in

A. oryzae

Reporter gene:
Endoglucanase Cel B

Pamy: 24.1 ± 5.5 U/mL, Phyl:
57.9 ± 17.4 U/mL

2.4

[48]

Reporter gene: Trichoderma
endoglucanase I

Pamy: 7.7 ± 3.9 U/mL, Phyl:
27.8 ± 1.3 U/mL

3.6

Reporter gene: Trichoderma
endoglucanase III

Pamy:4.0 ± 0.6 U/mL,
hyl:31.7 ± 3.3 U/mL

7.9

Regulatory elements (TerR and PterA)
from A. terreus terrain gene cluster for

E. coli lacZ expression in A. niger

Promoter activity
~5000 mU/mg when TerR
under PgpdA (No activity

when TerR under the
native promoter)

-

[49]Promoter activity ~10,000
mU/mg (when TerR under

PgpdA in 2 copies)
2

Promoter activity
~15,000 mU/mg (when TerR

under PamyB)
3

A. niger α-glucosyltransferase produced
under the A. niger pyruvate

kinase promoter

2000 U/mL total activity of
α-glucosyltransferase

compared to 600 U/mL in
the wild type

3.3 [50]

Overexpression of the transcription factor
RsmA, while the aflR promoter was

inserted in front of the pslcc in A. nidulans

0.06 U/mL of Pycnoporus
sanguineus laccase compared

to 0.004 U/mL in the
control strain

15 [51,52]

A novel promoter from Talaromyces
emersonii (Pglucan1200) for expressing

glaA in A. niger

6000 U/mL of GlaA, enzyme
activity increased by about

25% compared to 5000 U/mL
in the strain with the PglaA

1.2 [53]

The
constitutive
promoter of

ecm33 (Pecm33)
from A. niger in

A. niger

Maltose:
Pecm33 activity induced by

1.7 compared to PglaA
activity that induced by 2.7

- [54]
Glucose:

Pecm33 activity induced by
1.1 compared to PglaA

activity that induced by 1.8

Xylose:

Pecm33 activity induced by
2 compared to PglaA activity

that induced by 1.3
Increased Pecm33 activity at

37 ◦C

Although the majority of the promoters used are derived from the primary metabolism, there have
also been attempts to develop expression cassettes using regulatory elements from fungal secondary
metabolite pathways (Table 2) [49,51,52]. In such cases, the strain carries the heterologous gene under
the control of an inducible promoter and it is engineered to overexpress the gene that encodes the
transcription factor, which activates the specific promoter, thus achieving high expression levels.

Apart from the endogenous promoters discussed above, non-endogenous, or synthetic, tunable
promoter systems have also been developed for Aspergillus species [47,55–57]. One of them, the Tet
On/Off system, was adapted from the mechanism regulating the tetracycline resistance operon in E. coli.
It is also based on a dual player system, where the production strain is co-transformed with a plasmid
carrying the heterologous gene regulated by the activity of a tetracycline-responsive promoter and a
plasmid encoding a tetracycline transactivator (tTA). In the absence of the tetracycline or its derivative,
doxycycline (DOX), the tTA binds to the promoter, inducing heterologous gene expression. However,
where DOX is added, tTA disassociates from the binding sites and expression shuts down [56].
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3.1.2. Gene Copy Number and Integration Site

In general, it has been suggested that integration of multiple gene copies can result in increased
protein production levels. This has been observed frequently in Aspergillus systems expressing native
proteins, such as glucoamylase or amylase (Table 3) [58–60]. In fact, A. niger strains containing multiple
glaA copies (20 and 80) were able to secrete five to eight times more glucoamylase [59]. Similarly,
introducing additional copies of heterologous genes also leads to higher amounts of protein produced
(Table 3) [47,61]. However, this is not always the case. While studying the effect of copy number on
heterologous expression in A. nidulans, Lubertozzi and Keasling (2006) observed that β-galactosidase
activity of the transformants did not consistently correlate with the lacZ dosage. They suggested that
this could be due to a gene silencing mechanism, previously observed in filamentous fungi, or due
to pleiotropic effects of random integration [62]. In addition, Verdoes et al. (1995) suggests that the
reasons for this limitation in protein production by strains harboring multiple copies is both the site of
integration and the availability of trans-regulatory factors involved in transcription [63].

Table 3. Approaches for improving recombinant protein production through integration of multiple
gene copies.

Process Modification Performance Improvement Factor Reference

Copy number
Integration of up to 200

additional copies of the glaA in
A. niger

355 mg/L of glucoamylase
compared to parental strain

(50 mg/L)
7.1 [58]

Integration of 80 additional
copies of the glaA in A. niger

1268 mU of glucoamylase/mL
culture filtrate compared to

280 mU/mL in the parental strain
4.5 [59]

Integration of multiple copies
of cassettes with thaumatin

gene in A. awamori (two types
of cassettes, 1 with PB2 and 1

with PgdhA)

8 copies: 10 ± 0.4 mg/L thaumatin -

[46]
11 copies: 14 ± 1.1 mg/L thaumatin 1.4

14 copies: 11 ± 0.8 mg/L thaumatin 1.1

10 copies: 14 ± 1.3 mg/L thaumatin 1.4

Insertion of multiple copies of
the cassette pERE-URA-RS +

lacZ in A. nidulans

1 copy of pERE-URA-RS + lacZ:
9500 U of β-galactosidase/mg

of protein 5.4 [47]

Multiple copies of pERE-URA-RS +
lacZ: 51,000U of β-galactosidase/mg

of protein [1 nM inducer (DES)]

Integration of an additional
copy of the glaA- RFP (2 in

total) in A. nidulans

A 70% increase in maximum
fluorescence level (quantification

data not available)
1.7 [61]

The genomic site, where the expression cassette is integrated during transformation, is indeed
an important factor that influences transcription of the heterologous gene and consequently protein
production [62,63]. In order to tackle unpredicted limitations related to random insertion, site-specific
integration systems are usually applied [32,64]. Moreover, identification of genomic loci with
high transcriptional activity, followed by targeted integration of expression cassettes in the specific
sites, provides an additional approach for boosting transgene expression and recombinant protein
synthesis [65]. A promising integration site for expression and characterization of heterologous genes
was identified in the genome of A. nidulans. Insertion of heterologous genes in the specific locus
(Integration Site 1-IS1) did not interfere with the fitness of the strain, while it allowed for high and
stable expression levels in a tissue-independent manner [66].

3.2. Translational Regulation

Codon Usage and mRNA Stability

Most of the amino acids found in nature are encoded by more than one codon (synonymous codons).
The preference for one codon over another, known as codon usage, varies among organisms and can
be a limitation when heterologous genes are expressed in a host with different codon usage compared
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to the codon usage of the organism from which the genes has been isolated [67]. Codon optimization
is commonly used in such cases, where rare codons found in heterologous genes are replaced by
synonymous codons that encode the same amino acid but are more frequently used in the expression
host. Codon optimization has been proposed as a successful practice for improving mRNA stability
and translational efficiency, leading to higher levels of heterologous protein production [68,69].

Several studies in recombinant protein production in Aspergillus species have reported that codon
optimized genes are expressed more efficiently, resulting in improved heterologous protein yields
(Table 4) [69–72]. For example, A. oryzae strains carrying a codon optimized der f7, a gene that encodes
Dermatophagoides farina mite allergen 7, showed increased gene expression levels and it produced
almost three to five more protein than the strains with the non-optimized gene [70]. Tanaka et al. (2012)
showed later that the increase in transcriptional and translational efficiency was clearly assigned to
improved mRNA stability due to codon optimization of der f7 [73].

Table 4. Approaches for improving recombinant protein production through codon optimization of
the expressed sequences.

Process Modification Performance Improvement Factor Reference

Codon usage

A Cyamopsis tetragonoloba
α-galactosidase gene
optimized based on

Saccharomyces cerevisiae
codon usage and expressed

in A. awamori

Synthetic gene: 0.4 mg/L
α-galactosidase
Wild type gene:

Undetectable levels

- [72]

A Solanum tuberosum
α-glucan phosphorylase
synthetic gene optimized

based on A. niger-preferred
codon usage for production

in A. niger

Synthetic gene:
39.6–94.6 mg/L α-glucan

phosphorylase
Wild type gene: <0.1 mg/L

- [71]

A codon optimized
Dermatophagoides farina der f7

gene based on A. oryzae
codon usage and expressed

in A. oryzae

Non-fused: undetectable
level to a detectable level
Fused to GlaA: 3 to 5 fold

increase
(Signal intensity

quantification of the bands
from the SDS-PAGE)

3–5 [70]

However, the codon usage of the native gene “donor” hosts is not trivial. It has been shown that
codon usage influences local rates of translation elongation (preferred codons speed up elongation
and rare codons slow it down), assisting in proper co-translational protein folding. This means that
codon optimization of a genetic sequence that results in increased translation velocity, can also disrupt
protein folding, secretion and activity [74].

In general, post-transcriptional events, such as mRNA processing (addition of the 3′polyA-tail
or the 5′cap) and base modifications, the presence of rare codons or destabilizing sequences can
have an impact on the length and stability of mRNA, thus limiting efficient translation and protein
synthesis [75]. Limitations related to mRNA stability can also be addressed by using gene fusions,
which contain heterologous proteins fused to a well-secreted carrier protein [75], a strategy that will be
discussed later in the review.

3.3. Glycosylation

Glycosylation is a post-translational modification of eukaryotic proteins, during which glycans
are added on specific amino acid residues. Two main types of glycosylation have been described:
the O-linked glycosylation, where glycans are added on the side-chain hydroxyl groups of serine or
threonine residues [76], and the N-linked glycosylation, which takes place on the side-chain amino
groups of asparagine residues (at a N-X-S/T motif, where X is any amino acid except proline) [77].
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Glycosylation is crucial for glycoproteins, as it influences their stability, activity, but also their
passage through the secretory pathway [78,79] (see also below Section 3.4.1. The fungal Secretory
Pathway—Glycosylation).

Filamentous fungi, and thus aspergilli, have the ability to perform post-translational modifications,
including glycosylation, making them appropriate hosts for production of eukaryotic proteins. However,
when it comes to production of mammalian proteins, fungal glycosylation is a bottleneck [78].
Filamentous fungi typically produce N-glycans that differ in composition and structure from mammalian
ones. This can create problems during heterologous production of mammalian proteins in fungal
expression systems, such as incorrect folding and subsequent elimination of the aberrant proteins by
the cell quality control mechanisms. Moreover, addition of unusual fungal glycan structures on the
heterologous protein may affect its stability and activity, or in the case of therapeutic proteins, increase
their immunogenicity [80].

During N-linked glycosylation, the glycan (Glc3Man9GlcNAc2), consisting of three glucose
(Glc3), nine mannose (Man9), and two N-acetylglucosamine (GlcNAc2) residues, is transferred to
the conserved consensus sequence Asn-X-Ser/Thr. Shortly after, the removal of three Glc and one
Man sugar results in the Man8GlcNAc2 glucan, a process conserved among all eukaryotes. However,
further modifications on Man8GlcNAc2 differ between mammalian and fungal cells. Filamentous
fungi and yeasts usually produce small, high-mannose N-glycans, while the mammalian glycans are
more complex, containing N-acetylglucosamine, galactose, fucose, and sialic acid.

Several attempts have been made to engineer the glycosylation pathway in aspergilli towards the
synthesis of complex mammalian-like glycans [81–84]. Kainz et al. (2008) focused on two crucial steps
in the pathway for obtaining glycoproteins of mammalian type: First, the trimming of terminal mannose
residues from Man8GlcNAc2 to Man5GlcNAc2 structures, a process catalyzed by a mannosidase,
and second, the subsequent transfer of N-acetylglucosamine to yield GlcNAcMan5GlcNAc2,
catalyzed by a glycosyltransferase. Insertion of genes encoding the α-1,2-mannosidase and
β-1,2-N-acetylglucosaminyltransferase I in A. niger and A. nidulans resulted in the synthesis of
glycans with the desirable structure described before. In addition, deleting a gene (algC) involved
in the early steps of fungal glycosylation, further contributed to the synthesis of glycan structures
resembling those of humanized glycoproteins [81].

3.4. Secretion

Another advantage of using Aspergillus species as protein production systems is their natural
capacity to secrete high amounts of protein in the extracellular environment. Nevertheless, heterologous
proteins often lack specific features of the native secreted proteins, leading to low secretion efficiency
and low yields. Therefore, several studies have looked into unraveling the secretion processes in
filamentous fungi [85,86]. In fact, multiple bottlenecks of the fungal secretory pathway have been
identified and key factors of secretion have been engineered, improving production of heterologous
proteins. Alternatively, fusion of these proteins to native, secreted proteins (carrier proteins) has also
been able to enhance secretion, bypassing the complexity of engineering steps of fungal secretion [42].

3.4.1. The fungal Secretory Pathway

Proteins moving through the fungal secretory pathway are subjected to several quality control
tests until they are finally secreted. Attempts to engineer fungal secretion have been made in all the
possible rate-limiting steps, starting from the processing that occurs in the endoplasmic reticulum (ER),
to protein transport and degradation pathways (Figure 1).
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Figure 1. Protein synthesis and secretion in a fungal (e.g., A. niger) cell are schematically described.
The figure also presents key steps that can be bottlenecks in the production of recombinant proteins in
filamentous fungi. At transcription level, high expression of the gene of interest can be achieved by
using strong promoters, integrating multiple gene copies and choosing integration sites that positively
influences recombinant gene expression. Translation can also be a limiting step in recombinant protein
production and can be improved by increasing mRNA stability and adjusting codon usage of the
heterologous coding sequence to the fungal host. Following translation, proteins guided by the signal
recognition particle (SRP) enter the ER lumen, where they receive post-translation modifications. At this
stage, accumulation of unfolded proteins due to high gene expression can lead to ER-stress. Activation
of several ER-resident chaperones and foldases (see text for details) can assist with proper folding of
most proteins, relieving the overloaded ER. Proteins that fail to be properly folded are guided to the
cytoplasm where they are degraded through the ERAD (ER-associated protein degradation) pathway
by the proteasome. Proper folding, and consequently efficient secretion, is also dependent on the
glycosylation process in the ER. Properly folded and glycosylated proteins destined to be secreted are
packed into Coat Protein complex II (COPII) vesicles and transported to the Golgi complex, where
further glycosylation takes place. Through a vesicle-mediated process, proteins finally reach the
cell surface, where they are released into the periplasmic region. Additional protein translocation
pathways, such as retrograde trafficking and vacuole degradation, can indirectly affect protein secretion
efficiency. In retrograde trafficking, ER-resident proteins that have escaped or misfolded Golgi-resident
proteins are transported from the Golgi back to the ER packed in COPI vesicles. Finally, misfolded and
dysfunctional proteins that fail to pass the quality control of the secretory pathway can be transported
to the vacuole by Vacuolar protein sorting (Vps) receptors and are degraded (autophagy-related
degradation).

• ER-stress and protein folding

Secretion starts with the protein being transported to the ER, where post-translational modifications,
like glycosylation, disulfide bond formation, and folding, take place. Accumulation of misfolded
or unfolded proteins in the ER can activate stress response pathways in the cell, including the
unfolded-protein response (UPR) and the ER-associated degradation (ERAD) pathway (Figure 1).
Activation of the UPR usually increases expression of genes related to post-translation protein
processing (e.g., lectins, chaperones, foldases, and protein disulfide isomerases), resulting in proper
protein folding, and eventually alleviates ER-stress [87].

ER-overload is often observed in heterologous expression systems, where high transcriptional
activity leads to buildup of incompletely folded proteins. As a result, efficient protein secretion is
hindered, resulting in low production yields of heterologous proteins. In such cases, engineering
the UPR is considered to be a promising practice to improve efficiency of heterologous expression
systems [85]. Induction of the UPR by overexpressing the gene encoding the UPR transcription
factor HacA in A. awamori increased production yields of the Trametes versicolor laccase by sevenfold
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and these of bovine preprochymosin by almost threefold [88]. In addition, constitutive expression
of hacA resulted in 1.5 times higher production levels of neoculin, a plant nonglycemic sweetener,
in A. oryzae cultures [40]. Many genetic engineering projects have also targeted single UPR components
(e.g., ER-resident chaperones and foldases) for enhancing protein secretion in several Aspergillus species
(Table 5) [88–93]. For example, overexpression of the gene encoding the lectin-like chaperone calnexin
resulted in 60–73 mg/L of the Phanerochaete chrysosporium manganese peroxidase in A. niger mutants,
while the parental strain production reached only 14 mg/L [92]. However, a positive correlation
between chaperone overexpression and protein secretion appears to depend specifically on the protein
to be produced. For example, increased production of the chaperone protein BipA negatively affected
production of the P. chrysosporium manganese peroxidase in A. niger [92], but improved production
titers of the plant sweet protein thaumatin in A. awamori [93].

Table 5. Approaches for improving recombinant protein production through engineering
unfolded-protein response (UPR) response.

Process Modification Performance Improvement Factor Reference

ER-stress and
protein folding

Overexpression of
prpA (multicopy

integrated vector)
in A. niger

var. awamori

The level of chymosin
by the control

transformants was
similar to the

transformants with
overexpression of

the prpA

- [90]

Deletion of prpA in
A. niger

var. awamori

The production level of
bovine prochymosin

was lower than
expected for randomly
isolated transformants
(3/19 transformants)

- [90]

Overexpression of
cypB in A. niger

Twofold increase in
glucoamylase

production
2 [89]

Insertion of
multiple copies of
pdiA in A. awamori

19 mg/L thaumatin
compared to 5 mg/L in

the parental strain
3.8

[91]Optimal bioreactor
conditions: 150 mg/L
thaumatin compared

to 40 mg/L in the
parental strain

3.8

Overexpression of
clxA in A.niger

60–73 mg/L
P. chrysosporium

manganese peroxidase
compared to 14 mg/L
in the parental strain

4–5 [92]

Overexpression of
bipA in A.niger

P. chrysosporium
manganese peroxidase

was severely
reduced-almost

undetectable levels

- [92]
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Table 5. Cont.

Process Modification Performance Improvement Factor Reference

Overexpression of
hacA in A. niger

var. awamori

13–34 mg/L chymosin
compared to 12.5 mg/L

in parental strain
1.3–2.8

[88]3.9–8.5 nkat/mL laccase
compared to

0.9 nkat/mL in
parental strain

3–7.6

Overexpression of
bipA in A. awamori

20 mg/L thaumatin
compared to 9 mg/L in

the parental strain
2–2.5 [93]

Constitutive
expression of the

active form of hacA
cDNA in A. oryzae

2 mg/L neoculin
compared to 1.5 mg/L
in the control strain

1.5 [40]

• Glycosylation

As mentioned before, glycosylation affects protein activity and stability and in many cases it
also influences protein folding and secretion efficiency [78,79]. N-glycosylation has been linked to
an ER-quality control system of glycoprotein folding in filamentous fungi [94,95]. In fact, inhibiting
the specific process in A. nidulans appeared to hinder secretion of α-galactosidase, resulting in the
accumulation of the under-glycosylated protein to the cell wall [96]. Engineering N-glycosylation
has been applied as a strategy to increase levels of heterologous protein secretion (Table 6) [97–99].
For example, improving a poorly used N-glycosylation site or adding a new one in a chymosin gene
almost doubled the levels of secreted protein in A. niger strains [98].

Table 6. Approaches for improving recombinant protein production through engineering glycosylation.

Process Modification Performance Improvement Factor Reference

Glycosylation

Overexpression of
S. cerevisiae DPM1 in

A. nidulans strains
impaired in DPMS activity

No significant increase in
protein secretion observed

Production of invertase and
glucoamylase was higher but
the proteins were trapped in

the periplasmic space

28 [97]

Bovine prochymosin
synthetic gene with a

single mutation
(S335T)—This mutation
resulted in a potentially

better N-glycosylation site
(NHT) in A. niger

207 IMCU/mL (0.9 g/L)
chymosin compared to

90 IMCU/mL in the parental
strain

90% of the chymosin
molecules were glycosylated

compared to 10% in the
parental strain

3 [98]

Bovine prochymosin
synthetic gene with a

N–S–T glycosylation site
(TDNST) in the short

peptide linker in A. niger

141 International Milk Clotting
Unit/mL (0.6 g/L) chymosin

compared to 90 IMCU/mL in
the parental strain

Same glycosylation pattern

1.5 [98]

Deletion of mnn9, mnn10,
ochA in A. niger

Δmnn9: 14.6% increase in
Tramete laccase production 1.1

[99]
Δmnn10: 12.7% increase 1.1

ΔochA: 7.2% increase 1.1

Δmnn9/ochA: 16.8% increase 1.2
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Strangely enough, it appears that glycosylation is not always essential for the secretion of proteins.
For example, secretion of α-amylase was not affected at all when the antibiotic tunicamycin was
used to block N-glycosylation in A. oryzae cultures [79]. In another attempt, overexpressing the
yeast DPM1 gene, a key gene of O-glycosylation, improved the generation of native proteins in
O-glycosylation-deficient A. nidulans strains, but the proteins produced were mostly localized in the
periplasmic space [97]. In addition, deleting algC, a gene involved in early steps of N-glycosylation,
resulted in an increase of the overall protein secretion in A. niger strains [100]. It is apparent that the
role of glycosylation in protein production is not yet clearly understood and requires more research in
order to be employed for improving heterologous protein production.

• Protein translocation

Following glycosylation and quality control in the ER, secreted proteins are packed in ER-derived
vesicles (COPII-coated vesicles) and are transported to the Golgi apparatus. Proteins are further
glycosylated there and are then guided to the plasma membrane in Golgi-derived vesicles. Additionally,
other types of vesicles starting from Golgi carry ER-residents back to the ER or recycle important
Golgi-enzymes and trafficking components (COPI-coated vesicles) [101] (Figure 1).

Regulating expression of key factors involved in vesicle trafficking (e.g., cargo receptors recruiting
proteins into the vesicles) has been applied lately in order to assist protein transport through the
secretory pathway and has improved production yields in aspergilli (Table 7) [61,102–104]. Indicatively,
overproduction of the Rab GTPase RabD, a protein involved in cargo transport from the Golgi apparatus
to the plasma membrane, increased the secretion yields of a fluorescent reporter protein (mRFP) in
A. nidulans cultures by approximately 25% [61]. Similarly, deleting genes encoding the receptors
AoVip36 and AoEmp47, which retain proteins in the ER, almost doubled the level of chymosin secreted
in A. oryzae strains [104].

Table 7. Projects for improving recombinant protein production through engineering protein trafficking.

Process Modification Performance Improvement Factor Reference

Protein
translocation

Deletion of Aovip36 in
A. oryzae

50 mg/L chymosin compared to
27 mg/L in the parental strain 1.9

[104]

300% EGFP in culture
supernatant compared to 100%

in the parental strain
The α-amylase activity (native

protein) was reduced by
approximately 30% compared

with the activity in the
control strain

3

Deletion of AoEmp47 in
A. oryzae

50 mg/L chymosin compared to
27 mg/L in the parental strain 1.9

[104]
210% EGFP in culture

supernatant compared to 100%
in the parental strain

No difference in the α-amylase
activity (native protein)

2.1

Overexpression of rabD
in A. nidulans

25% increase in mRFP secretion
in submerged cultivations in

shake flasks
1.3

[61]
40% increase in RFP secretion in

2l bioreactor 1.4
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Table 7. Cont.

Process Modification Performance Improvement Factor Reference

Deletion of racA in
A. niger

Native GlaA secreted into the
culture medium is four times
more compared to its parental

strain, when ensuring
continuous high-level

expression of glaA.
Quantification was done by dot
blot analysis using a monoclonal

antibody (Arbitrary units)

4 [102]

Overexpression of arfA
in A. niger

Quantitative abundance of
GlaA-dtomato reporter protein
was 397.4 absolute fluorescence

compared to 298.7 in
control strain

1.3 [103]

• Protein degradation pathways—ERAD and Vacuole

Misfolded proteins that fail to be refolded properly through the UPR enter the ERAD pathway
(Figure 1). They are transported from the ER to the cytoplasm, where they are ubiquitinated and
degraded by the proteasome [105]. Disrupting key genes of the ERAD has been applied in order to study
intracellular degradation of heterologous proteins and improve production yields in Aspergillus species
(Table 8) [99,106,107]. Inactivation of doaA, which encodes a factor required for ubiquitin-mediated
proteolysis, combined with induction of UPR-related genes (sttC) contributed to improved heterologous
protein expression in A. niger [106].

Table 8. Approaches for improving recombinant protein production through engineering protein
degradation pathways.

Process Modification Performance Improvement Factor Reference

Protein
degradation

pathways—ERAD
and Vacuole

Deletion of derA and
derB in A. niger

ΔderA: 80% decrease in Tramete
laccase production 0.2

[99]

- ΔderB: 15.7% increase in
Tramete laccase 1.15

Deletion of doaA and
overexpression of sttC

in A. niger

Higher GUS activity compared
to parental strain

(no quantitative data available)
- [106]

Disruption of Aovps10
in A. oryzae

83.1 and 70.3 mg/L chymosin
compared to 28.7 mg/L in

parental strain
3–2.5

[108]
22.6 and 24.6 mg/L human

lysozyme compared to
11.1 mg/L in parental strain

2–2.2

Deletion of ERAD key
genes (derA, doaA,

hrdC, mifA and mnsA)
in A. niger

ΔderA and ΔhrdC: 2-fold
increase compared to parental

strain (single-copy)
2

[107]

ΔderA: 6-fold increase
compared to parental strain

(multi-copy)
Relative amount of intracellular
GlaGus (β-glucuronidase levels)
fusion protein detected in total
protein extracts of strains with
impaired ERAD and respective

parental strain

6
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Table 8. Cont.

Process Modification Performance Improvement Factor Reference

Disruption of genes
involved in autophagy

in A. oryzae

ΔAoatg1: 60 mg/L chymosin 2.3

[109]

ΔAoatg13: 37 mg/L chymosin 1.4

ΔAoatg4: 80 mg/L chymosin 3.1

ΔAoatg8: 66 mg/L chymosin 2.5

ΔAoatg15: 24 mg/L chymosin 1

Control: 26 mg/L chymosin -

During the last steps of secretion additional protein quality control mechanisms can target aberrant
proteins to degradation. During autophagy proteins are guided through vesicle trafficking to vacuoles,
where they get degraded (Figure 1). Disruption of the autophagic process has been proposed as a way
to enhance production of recombinant heterologous proteins (Table 8) [108,109]. For example, deleting
the vacuolar protein sorting receptor gene AoVPS in A. oryzae resulted in increased extracellular
production levels of chymosin and human lysozyme in A. oryzae by 3- and 2-fold, respectively [108].

Collectively, these studies suggest that the fungal secretory pathway offers multiple engineering
targets and opens up a new perspective on developing hypersecreting Aspergillus strains for
industrial applications.

3.4.2. Carrier Proteins

A commonly applied approach for successful secretion of foreign proteins in Aspergillus cultures is
the use of native, well-secreted carrier proteins. Fusion of a carrier protein to heterologously produced
proteins appears to improve mRNA stability [75] and facilitate proper folding and translocation through
the fungal secretory pathway [110]. Multiple proteins of industrial and pharmaceutical relevance have
been produced and efficiently secreted following this strategy. Chymosin, a protease used as a milk
clotting agent in cheese manufacturing, was one of the first examples of a heterologous protein to
be produced in Aspergillus cultures using the natively secreted glucoamylase A (GlaA) as a carrier
protein [111,112] or just the GlaA signal peptide [113]. Since then, the advantages of using entire
or parts of carrier proteins were exploited further for the production of human interleukin-6 [114],
antibodies [115,116], and other commercially relevant proteins [40,117] in several Aspergillus species
improving production yields (Table 9).

As GlaA is the most abundant and highly secreted enzyme in most Aspergillus species, it is a
popular carrier choice for heterologous protein production [113,114,116,117]. However, other naturally
secreted proteins, or their signal peptides, have also been used successfully for this purpose, e.g.,
the A. oryzae α-amylase [40,118,119] and signal peptides of an A. niger endoxylanase [120] (Table 9).

Table 9. Approaches for improving recombinant protein production through the use of carrier proteins.

Process Modification Performance Improvement Factor Reference

Carriers
Prochymosin sequence

fused to A. niger GlaA signal
peptide in A. nidulans

146 μg/g dry weight
chymosin compared to

93 μg/g dry weight in the
control strain

1.56 [113]

Prochymosin sequence fused
to codons for the GlaA signal
peptide, propeptide, and 11

amino acids of mature
glucoamylase in A. nidulans

119 μg/g dry weight
chymosin compared to 93
μg/g dry weight in the

control strain

1.27 [113]
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Table 9. Cont.

Process Modification Performance Improvement Factor Reference

Prochymosin sequence fused
to GlaA signal peptide and
propeptide in A. nidulans

23 μg/g dry weight
compared to 93 μg/g dry

weight in the control strain
0.24 [113]

Prochymosin sequence
fused after the last codon of

A. awamori GlaA in
A. awamori

140 μg/mL secreted
chymosin compared to 8
μg/mL in the control strain

(prochymosin + GlaA
signal peptide)

17.5 [111,112]

hlL6 fused to 1-514 nt of
A. niger GlaA in A. niger

15 mg/L hIL6 compared to
less than 1 μg/L in the

control strain (hlL6 fused to
the GlaA signal peptide)

>15 [114]

E. coli uidA
(13-glucuronidase) and the T.
lanuginosa lipase fused to A.

niger var. awamori
endoxylanase II
secretion signals

798 Arbitrary units of
glucuronidase activity/mg of
total protein (the control did

not carry uidA)

- [120]

47.5 Arbitrary units of lipase
activity compared to 47

Arbitrary units when the
native lipase signal is used

1

ScFv-LYS encoding
fragments fused to A. niger
propeptide + GlaA (514nt)

90 mg/L ScFv-LYS compared
to 2–22 mg/L in the control
strains (18 aa GlaA signal

sequence + ScFv-LYS)

4–45 [115]

Human antibodies (κ- and
γ-chain of IgG1) fused to

GlaA in A. niger

0.9 g/L of trastuzumab IgG1
and 0.2 g/L of Hu1D10 - [116]

Neoculin gene fused to
α-amylase in A. oryzae 1.3 mg/L of NCL - [40]

Bovine chymosin gene fused
to α-amylase in A. oryzae

42 mg/L chymosin compared
to 20 mg/L in strains with

non-fused gene
2.1 [119]

Hemicellulose degrading
enzymes sequences fused to
GlaA secretion peptide in A.

nidulans strains

50–100 mg/L xylanase B,
xylanase C, xylosidase D,

arabinofuranosidase B,
ferulic acid esterase

and arabinase

- [117]

Regardless of the carrier protein or the signal peptide used, the heterologous protein needs
to be detached from the protein fusion after secretion in order to gain full activity. An alternative
practice to downstream in vitro treatment with proteases is to incorporate a protease cleavage site
(e.g., Lys-Arg) between the native and the foreign protein, which can be proteolytically cleaved by fungal
endoproteases (e.g., KEXB endoprotease in A. niger) during secretion [114,121,122]. Optimization of the
sequence upstream the KEXB cleavage site appeared to increase Trastuzumab light chain production
in A. niger [122].

3.5. Proteases

Proteolytic degradation by extracellular fungal proteases is one of the main reasons why secreted
yields of heterologous proteins fail to reach the gram-per-liter production level of native proteins
in Aspergillus species. Several bioprocessing strategies, such as maintaining high pH during
fermentation [123] or low temperatures during downstream processing, separating the product
from the protease-containing medium and using protease inhibitors, are often used to decrease protein
degradation. However, proteolysis still occurs, making production of foreign proteins inefficient [124].

An alternative and more efficient approach is the use of protease-deficient strains [124].
Conventional mutagenesis and genetic engineering were applied to several Aspergillus species
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in order to disrupt genes that encode extracellular proteases, e.g., aspergillopepsin A (pepA) [125,126]
or protease regulatory genes [126,127] (Table 10). The specific mutants exhibit reduced extracellular
proteolytic activity and often appear to be more efficient producers of heterologous proteins than the
wild types [124]. Deletion of pepA in A. awamori resulted in an aspergillopepsin A-deficient mutant, with
decreased proteolytic activity [125] and able to produce higher levels of bovine chymosin (~430 mg/L),
when compared to the control strain (A. awamori strain GC12-ΔargB3, ΔpyrG5: ~180 mg/L) [128]. A. niger
mutants lacking the transcription factor PrtT, which regulates expression of both aspergillopepsin A
and B genes (pepA and pepB) [129], showed only 1–2% of the parental strain extracellular protease
activity [126] and were used to produce highly stable heterologous cutinase with 1.7-fold increased
activity [127].

Table 10. Approaches for improving recombinant protein production through disruption of
protease genes.

Process Modification Performance Improvement Factor Reference

Proteases Deletion of pepA in
A. awamori strains

Decreased extracellular proteolytic activity
compared to the wild type (immunoassay using
antibodies specific for PepA, but absolute values

for PepA concentration were not determined)

- [125]

Deletion of pepA in
A. awamori

430 mg/L of chymosin compared to 180 mg/L in the
parental strain 2.4 [128]

Deletion of pepA in
A. niger (AB1.18)

15–20% proteolytic activity compared to the parent
strain AB4.1 - [126]

Mutation on prtT (UV
irradiation) in A. niger

(AB1.13)

1–2% proteolytic activity compared to the parent
strain AB4.1 - [126]

Deletion of prtR, pepA,
cpI, tppA in A. oryzae

ΔprtR/pepA/cpI: 24.23 mg/L of Acremonium
cellulolyticus cellobiohydrolase 1.2

[133]
ΔprtR/pepA/tppA: 21.30 mg/L 1.1

ΔprtR/cpI/tppA: 22.08 mg/L 1.1

ΔprtR/pepA/cpI/tppA: 19.93 mg/L compared to
19.54 mg/L in the control strains 1.02

Deletion of alp and Npl
in A. oryzae

1041 U/g of Candida antarctica lipase B compared to
575 U/g in the parental strains 1.8 [132]

Deletion of various
proteases in A. niger

Δdpp4: 6% increase in Tramete laccase 1.1

[99]

Δdpp5: 15.4% increase 1.2

ΔpepB: 8.6% increase 1.1

ΔpepD: 4.8% increase 1.0

ΔpepF: 5.3% increase 1.1

ΔpepAa: 0.5% increase 1.1

ΔpepAb: 13.4% increase 1.1

ΔpepAd: 2.7% increase 1.0

Δdpp4/dpp5: 26.6% increase 1.3

Disruption of tppA and
pepE in A. oryzae strains

25.4 mg/L of human lysozyme compared to
15 mg/L in the parental strains 1.7 [118]

Disruption of tppA,
pepE, nptB, dppIV and

dppV in A. oryzae

84.4 mg/L of chymosin compared to the 63.1 mg/L
in the double protease gene disruptant

(ΔtppA/pepE)
1.3 [130]

Disruption of tppA,
pepE, nptB, dppIV, and

dppV, alpA, pepA,
AopepAa, AopepAd and

cpI in A. oryzae

109.4 mg/L of chymosin and 35.8 mg/L of human
lysozyme compared to the quintuple protease gene

disruptant (ΔtppA/pepE/nptB/dppIV/dppV;
84.4 mg/L and 26.5 mg/L, respectively)

1.3 and 1.35 [131]
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Table 10. Cont.

Process Modification Performance Improvement Factor Reference

Deletion of prtT in
A. niger

36.3–36.7 U/mL of mL G. cingulate cutinase
compared to 21.2–20.4 U/mL in the parental strain 1.7

[127]
Stability: Cutinase activity retained at 80% over the
entire 14-day incubation period, while the parental
lost more than 50% of their initial activities after six
days of incubation and retained negligible activity

after 14 days

-

Deletion of dppV and
pepA in A. nidulans

P. sanguineus laccase activity 0.5 U/mL compared to
0.04 U/mL in the control strain 12.5 [51]

Deletion of mnn9 and
pepA in A. nidulans

P. sanguineus laccase activity 0.3 U/mL compared to
0.04 U/mL in the control strain 7.5 [51]

Research on Aspergillus protease repertoire and development of molecular tools for multiple
gene targeting allowed the disruption of multiple protease-related genes in a single production host,
a successful tactic to further decrease proteolytic degradation and therefore improve protein production
titers (Table 10) [51,118,130,131]. Disruption of two protease genes in A. oryzae (tppA and pepE) resulted
in production of 25.4 mg/L of human lysozyme (HLY), which represents a 63% increase in production
yields compared to the control strain [118]. Subsequently, A. oryzae quintuple and decuple protease
gene disruptants produced even higher HLY amounts (26.5 mg/L and 35.8 mg/L, respectively) [130,131].
Although multiple protease-related gene disruptions appear to be a time-consuming and tedious
procedure [127], it is a strategy commonly used for the optimization of heterologous protein production
in several Aspergillus systems of industrial interest [99,132,133].

3.6. Altering Fungal Morphology Using Genetic Engineering

Protein secretion in filamentous fungi has been shown to happen mostly at the tip of growing
hypha, thus hyperbranched phenotypes are more desirable when developing a protein production
platform. Additionally, combining a hyperbranched phenotype with shortened mycelia may result in
reduced culture viscosity, which is beneficial for high density submerged fermentation [134,135].

Multiple studies have focused on the effect of morphology on protein production in aspergilli.
Genetic engineering attempts [102,103] (Table 11) or variation of fermentation parameters (see also
Section 4.2.: Fungal morphology and bioprocessing) have been employed to obtain hyperbranching
strains that can secrete large amounts of proteins. In A. niger deleting the gene that encodes
the Rho-GTPase RacA, which mediates actin polymerization and depolymerisation at the hyphal
apex, generated a strain producing 20% more hyphal tips. Under continuous high-level expression,
this hyperbranching strain produced four times more glucoamylase compared to its parental strain [102].

Table 11. Approaches for improving recombinant protein production through engineering genes
involved in fungal morphology.

Process Modification Performance Improvement Factor Reference

Fungal
morphology

Deletion of racA in
A. niger

GlaA secreted into the culture
medium is four times more

compared to its parental strain,
when ensuring continuous

high-level expression of glaA.
Quantification was done by dot

blot analysis using a monoclonal
antibody (Arbitrary units)

4 [102]

Overexpression of
arfA in A. niger

Quantitative abundance of
GlaA-dtomato reporter protein
was 397.4 absolute fluorescence

compared to 298.7 in control strain

1.3 [103]

142



Catalysts 2020, 10, 1064

4. Fermentation Conditions for Improved Heterologous Production in Aspergillus

Development of most heterologous expression platforms begins with strain improvement, which
hopefully results in obtaining strains able to produce large quantities of a specific protein. Once strain
improvement is complete, the fermentation process for production of the desirable protein in large-scale
has to be established [7,136]. Designing and setting up fungal fermentations is a complex process
that has to be repeated every time a newly engineered strain is used or a new protein is to be
produced. This process requires several optimization steps, starting from finding the optimal growth
medium and fermentation parameters (temperature, pH, and oxygenation) to choosing the appropriate
type of fermentation and the fungal morphology that favors high production yields of the specific
protein [137–139].

4.1. Fermentation Conditions

Multiple strategies have been applied to optimize fermentation conditions for improving
recombinant protein production in Aspergillus cultures (Table 12). Several studies have focused on
the effect of growth medium and culture conditions on protein production [140–145]. MacKenzie et al.
(1994) studied the effect that temperature and growth medium have on the production of hen eggwhite
lysozyme (HEWL) in A. niger cultures. When a standard expression medium (1% w/v soluble starch
and 50 mM sodium phosphate buffer) was used, 20–25 ◦C was the optimal temperature range to
obtain lysozyme in previously observed levels (8–10 mg/L). In addition, as the HEWL gene was under
the control of the glaA promoter, production of lysozyme was highly induced when soluble starch
was used as carbon source. Using a richer medium with soy milk led to even higher yields of up to
30–60 mg/L lysozyme, but interestingly growth temperature was adjusted to 37 ◦C to achieve these
levels [141]. In another attempt, the impact of the nitrogen source was evaluated [143]. Swift et al.
(2000) showed that glucoamylase production was increased by 115% with the addition of casamino
acids, yeast extract, peptone, and gelatin in cultures of a recombinant A. niger strain, compared to
non-supplemented cultures [143].

Table 12. Approaches for improving recombinant protein production through bioprocessing modifications.

Process Modification Performance Improvement Factor Reference

Fermentation
conditions

Effect of growth medium and
temperature on hen egg white lysozyme

(HEWL) production in A. niger

20–25 ◦C 8–10 mg/L HEWL
while 30–37 ◦C

3–5 mg/L HEWL
Temperature: 2–2.6

[141]

soluble starch:
8.0 mg/L HEWL Carbon source: 1.7–2

maltose: 4.5 mg/L HEWL -

glucose: 4.0 mg/L HEWL -

xylose: 0.2 mg/L HEWL -

soy milk medium:
30–60 mg/L HEWL Rich medium: 3.8–7.5

Effect of organic nitrogen sources on
recombinant glucoamylase production in

A. niger

Unsupplemented: 44 mg
glucoamylase/g biomass -

[143]

L-alanine: 32 mg
glucoamylase/g biomass 0.7

L-methionine: 26 mg
glucoamylase/g 0.6

casamino acids, yeast extract,
peptone, and gelatin:

100 mg glucoamylase/g
2.2

Effect of agitation intensity on
recombinant amyloglucosidase (AMG)

production in A. oryzae

Titer at the end of the
batch phase

525 rpm: 110 U/L AMG
-

[146]

675 rpm: 230 U/L AMG 1.6

825 rpm: 370 U/L AMG 3.3
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Table 12. Cont.

Process Modification Performance Improvement Factor Reference

Effects of bioprocess
parameters—agitation intensity, initial

glucose concentration, initial yeast extract
concentration, and dissolved oxygen

tension (DO)—on heterologous protein
production in A. oryzae

Highest GFP yields were
achieved under these
conditions: agitation

400 rpm, glucose 25 g/L,
yeast extract 0 g/dm3, DO

15%

- [142]

Effect of agitation intensity on
recombinant glucose oxidase production

in A. niger

200 rpm: 300 μkat/L of
glucose oxidase -

[144]
500 rpm: 800 μkat/L of

glucose oxidase 2.6

800 rpm: 600 μkat/L of
glucose oxidase 1.3

Effect of temperature on Pleurotus eryngii
versatile peroxidase production in

A. nidulans and A. niger

-A. nidulans
31 ◦C: 24 U/L

peroxidase activity
-

[145]

28 ◦C: 80 U/L
peroxidase activity 3.3

19 ◦C: 466 U/L
peroxidase activity 19.4

-A. niger
28 ◦C: 107 U/L

peroxidase activity
-

19 ◦C: 412 U/L
peroxidase activity 3.8

Fungal
morphology

Effect of raising the viscosity of the
medium by addition of

polyvinylpyrrolidone-PVP (transition
from aggregated mycelia (pellets) to
dispersed mycelia) on hen egg white

lysozyme (HEWL) in A. niger

Medium with no PVP:
110 mg/L fresh and 8 mg/g

dry weight of HEWL
1.7 [147]

Medium with PVP: 190 mg/L
fresh and 14 mg/g dry

weight of HEWL

Effect of addition of microparticles
(linked to the formation of freely

dispersed mycelium) on titers of native
glucoamylase (GlaA) and recombinant

fructofuranosidase (FF) produced in
A. niger

No microparticles: 17 U/mL
GlaA and 42 U/mL FF

3.5 GlaA
2–3.8 FF

[148]
Talc microparticles: 61 U/mL

GlaA and 92 U/mL FF
FF production can reach up

to 160 U/mL (10 g/L talc
microparticles of size 6 mm)

Effect of addition of titanate
microparticles (TiSiO4, 8 mm) on titers of

native glucoamylase (GlaA) and
recombinant fructofuranosidase (FF)

produced in A. niger

No microparticles: 19 U/mL
GlaA and 40 U/mL FF

9.5 GlaA
3.7 FF

[149]Microparticles: 190 U/mL
glucoamylase and 150 U/mL

fructofuranosidase

Effect of growth type on hen egg white
lysozyme (HEWL) production and

protease activity in A. niger

Free suspension:
5.8 mg/g HEWL

95.3 U/g Protease activity
1.5

[140]

Mycelial pellets:
5.0 mg/g HEWL

58.6 U/g Protease activity
1.2

Celite-560-immobilized
cultures:

4.1 mg/g HEWL
56.3 U/g Protease activity

-

Additional bioprocess parameters such as agitation intensity, initial nutrient concentration and
dissolved oxygen levels were also studied with regard to heterologous protein production in different
Aspergillus fermentation types [142,146].

4.2. Altering Fungal Morphology Using Bioprocessing

Filamentous fungi that grow in submerged cultures, including aspergilli, exhibit variable
morphologies, which can affect the overall performance of the microorganism during fermentation.
The commonly observed filamentous growth results in undesirable viscous cultures, which require
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high consumption of energy for agitation and usually complicate downstream processing. On the
contrary, a pelleted morphology (growth in pellets) decreases viscosity of the culture, improves mixing,
and facilitates downstream processing. However, when large pellets are formed in the culture, diffusion
of oxygen and nutrients to the inner pellet core is hindered, resulting in reduced productivity [135].

Many studies have attempted to correlate high protein production yields to a specific type of
fungal morphology. For A. niger, dispersed mycelial suspensions led to higher protein yields over the
pelleted form [140] (Table 12). In fact, microparticles are often added into Aspergillus cultures in order
to prevent formation of large pellets and to favor formation of disperse mycelium, and consequently
recombinant protein production [144,147–149]. However, Gyamerah et al. (2002) showed that the free
suspension culture presented a higher protease activity, compared to the cultures with immobilized
fungal biomass (mycelial pellet or by entrapment in Celite beads), and this could be an additional
limitation for recombinant protein production [140].

5. Conclusions and Future Perspectives

Filamentous fungi hold unlimited potential for industrial applications, from the development
of meat-like products and biomaterials, to bioremediation and biofuel production. One of their best
qualities, largely exploited by the industry, is their innate capacity for the secretion of enzymes,
which facilitate downstream processing and product recovery. Moreover, their ability to produce
complex proteins with post-translational modifications and the fact that they can be cultivated on
inexpensive media makes them a promising alternative for production of eukaryotic proteins. Despite
their undeniable potential though, filamentous fungi have not yet been exploited to the fullest in the
industrial production of recombinant proteins.

Advances in the molecular toolkit available for genetic manipulation of several Aspergillus
species opened up the path for developing them into production systems for recombinant proteins.
Nevertheless, due to a number of factors described in the review, aspergilli have not yet met the
expected production levels. Many studies that focused on engineering different steps of protein
synthesis and secretion, or generating protease-deficient strains, have resulted in a significant increase
of protein yields. Additionally, optimization of the fungal fermentation process has further improved
protein production. However, there are aspects of the fungal physiology that limit protein production
and remain unclear. Continuous data input from “omics” studies sheds light on the complex fungal
mechanisms related to protein quality control and secretion stress, as well as their impact on protein
productivity. The knowledge generated from these studies combined with advances in the field of
synthetic biology will soon place Aspergillus, and possibly other filamentous fungi, in the race for
the most efficient recombinant protein production system. Its potential as a large-scale production
platform not only for recombinant proteins, but also for organic acids, bioactive compounds, enzymes,
and peptides, as well as new perspectives related to the use of Aspergillus in waste treatment and
bioremediation processes, prove that this fungus can provide sustainable solutions for multiple and
diverse markets and industries.
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The author wishes to make the following erratum to this paper [1]: Update due to some reporting
errors in Tables 2, 8, 10 and 12.

Due to typographical errors concerning reference [47] and [51,52], replace:

Table 2. Approaches for improving recombinant protein production through promoter engineering.

Process Modification Performance
Improvement

Factor
Reference

Promoters Use of several promoters
(P) in A. awamori

PB2 from Acremonium chrysogenum: 0.25–2 mg/L thaumatin

-
[46]

PpcbC from Penicillium chrysogenum: 0.25–2 mg/L thaumatin

PgdhA from A. awamori: 1–9 mg/L thaumatin

PgpdA from A. nidulans: 0.75–11 mg/L thaumatin

Insertion of multiple
copies of an activator

protein-binding site from
the cis-regulatory region

of A. niger glaA to the
new promoter in A. niger

396.0 ± 51.5 mg/L of Vitreoscilla hemoglobin compared to
19.7 ± 4.8 mg/L from the strain with 1 copy 20 [45]

Use of hybrid promoters
(combination of a human
hERa-activated promoter

(pERE), S. cerevisiae
URA3 promoter and

A. nidulans nirA
promoter) in A. nidulans

pERE-URA-nirA + lacZ: 25 U of β-galactosidase activity/mg
of protein -

[47]
pERE-URA-RS (random stuffer-link) + lacZ: 100 U of

β-galactosidase activity/mg of protein 4

pERE-RS-nirA + lacZ: 1400 U of β-galactosidase activity/mg
of protein

[1 pM inducer (DES)]
56

Use of a hemolysin-like
protein promoter (Phyl)

for heterologous
production in A. oryzae

Reporter gene: Endoglucanase Cel B
Pamy: 24.1 ± 5.5 U/mL, Phyl: 57.9 ± 17.4 U/mL 2.4

[48]Reporter gene: Trichoderma endoglucanase I
Pamy: 7.7 ± 3.9 U/mL, Phyl: 27.8 ± 1.3 U/mL 3.6

Reporter gene: Trichoderma endoglucanase III
Pamy:4.0 ± 0.6 U/mL, hyl:31.7 ± 3.3 U/mL 7.9

Regulatory elements
(TerR and PterA) from
A. terreus terrain gene
cluster for E. coli lacZ
expression in A. niger

Promoter activity ~5000 mU/mg when TerR under PgpdA
(No activity when TerR under the native promoter) -

[49]Promoter activity ~10,000 mU/mg (when TerR under PgpdA
in 2 copies) 2

Promoter activity ~15,000 mU/mg (when TerR under
PamyB) 3

Catalysts 2020, 10, 1400; doi:10.3390/catal10121400 www.mdpi.com/journal/catalysts155
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Table 2. Cont.

Process Modification Performance
Improvement

Factor
Reference

A. niger
α-glucosyltransferase
produced under the

A. niger pyruvate kinase
promoter

2000 U/mL total activity of α-glucosyltransferase compared
to 600 U/mL in the wild type 3.3 [50]

Overexpression of the
transcription factor

RsmA, while the aflR
promoter was inserted in

front of the pslcc in
A. nidulans

60,000 U/mL of Pycnoporus sanguineus laccase compared to
4000 U/mL in the control strain 15 [51,52]

A novel promoter from
Talaromyces emersonii

(Pglucan1200) for
expressing glaA in

A. niger

6000 U/mL of GlaA, enzyme activity increased by about 25%
compared to 5000 U/mL in the strain with the PglaA 1.2 [53]

The
constitutive
promoter of

ecm33
(Pecm33)

from A. niger
in A. niger

Maltose: Pecm33 activity induced by 1.7 compared to PglaA activity
that induced by 2.7

- [54]Glucose: Pecm33 activity induced by 1.1 compared to PglaA activity
that induced by 1.8

Xylose:
Pecm33 activity induced by 2 compared to PglaA activity

that induced by 1.3
Increased Pecm33 activity at 37 ◦C

with

Table 2. Approaches for improving recombinant protein production through promoter engineering.

Process Modification Performance
Improvement

Factor
Reference

Promoters Use of several promoters
(P) in A. awamori

PB2 from Acremonium chrysogenum: 0.25–2 mg/L thaumatin

-
[46]

PpcbC from Penicillium chrysogenum: 0.25–2 mg/L thaumatin

PgdhA from A. awamori: 1–9 mg/L thaumatin

PgpdA from A. nidulans: 0.75–11 mg/L thaumatin

Insertion of multiple
copies of an activator

protein-binding site from
the cis-regulatory region

of A. niger glaA to the
new promoter in A. niger

396.0 ± 51.5 mg/L of Vitreoscilla hemoglobin compared to
19.7 ± 4.8 mg/L from the strain with 1 copy 20 [45]

Use of hybrid promoters
(combination of a human
hERa-activated promoter

(pERE), S. cerevisiae
URA3 promoter and

A. nidulans nirA
promoter) in A. nidulans

pERE-RS-nirA+ lacZ: 25 U of β-galactosidase activity/mg of
protein -

[47]
pERE-URA-nirA+ lacZ: 100 U of β-galactosidase activity/mg

of protein 4

pERE-URA-RS + lacZ: 1400 U of β-galactosidase activity/mg
of protein

[1 pM inducer (DES)]
56

Use of a hemolysin-like
protein promoter (Phyl)

for heterologous
production in A. oryzae

Reporter gene: Endoglucanase Cel B
Pamy: 24.1 ± 5.5 U/mL, Phyl: 57.9 ± 17.4 U/mL 2.4

[48]
Reporter gene: Trichoderma endoglucanase I
Pamy: 7.7 ± 3.9 U/mL, Phyl: 27.8 ± 1.3 U/mL 3.6

Reporter gene: Trichoderma endoglucanase III
Pamy:4.0 ± 0.6 U/mL, hyl:31.7 ± 3.3 U/mL 7.9

Regulatory elements
(TerR and PterA) from
A. terreus terrain gene
cluster for E. coli lacZ
expression in A. niger

Promoter activity ~5000 mU/mg when TerR under PgpdA
(No activity when TerR under the native promoter) -

[49]
Promoter activity ~10,000 mU/mg (when TerR under PgpdA

in 2 copies) 2

Promoter activity ~15,000 mU/mg (when TerR under
PamyB) 3
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Table 2. Cont.

Process Modification Performance
Improvement

Factor
Reference

A. niger
α-glucosyltransferase
produced under the

A. niger pyruvate
kinase promoter

2000 U/mL total activity of α-glucosyltransferase compared
to 600 U/mL in the wild type 3.3 [50]

Overexpression of the
transcription factor

RsmA, while the aflR
promoter was inserted in

front of the pslcc in
A. nidulans

0.06 U/mL of Pycnoporus sanguineus laccase compared to
0.004 U/mL in the control strain 15 [51,52]

A novel promoter from
Talaromyces emersonii

(Pglucan1200) for
expressing glaA in

A. niger

6000 U/mL of GlaA compared to 5000 U/mL in the strain
with the PglaA 1.2 [53]

The
constitutive
promoter of

ecm33
(Pecm33)

from A. niger
in A. niger

Maltose: Pecm33 activity induced by 1.7 compared to PglaA activity
that induced by 2.7

- [54]Glucose: Pecm33 activity induced by 1.1 compared to PglaA activity
that induced by 1.8

Xylose:
Pecm33 activity induced by 2 compared to PglaA activity

that induced by 1.3
Increased Pecm33 activity at 37 ◦C

Due to a typographical error concerning reference [109], replace:

Table 8. Approaches for improving recombinant protein production through engineering protein
degradation pathways.

Process Modification Performance
Improvement

Factor
Reference

Protein degradation
pathways— ERAD

and Vacuole

Deletion of derA
and derB in A. niger

ΔderA: 80% decrease in Tramete laccase
production 0.2 [99]

- ΔderB: 15.7% increase in Tramete laccase 1.15

Deletion of doaA
and overexpression
of sttC in A. niger

Higher GUS activity compared to
parental strain (no quantitative

data available)
- [106]

Disruption of
Aovps10 in A. oryzae

83.1 and 70.3 mg/L chymosin compared
to 28.7 mg/L in parental strain 3–2.5

[108]22.6 and 24.6 mg/L human lysozyme
compared to 11.1 mg/L in parental strain 2–2.2

Deletion of ERAD
key genes (derA,
doaA, hrdC, mifA

and mnsA) in
A. niger

ΔderA and ΔhrdC: 2-fold increase
compared to parental strain (single-copy) 2

[107]

ΔderA: 6-fold increase compared to
parental strain (multi-copy)

Relative amount of intracellular GlaGus
(β-glucuronidase levels) fusion protein

detected in total protein extracts of strains
with impaired ERAD and respective

parental strain

6
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Table 8. Cont.

Process Modification Performance
Improvement

Factor
Reference

Disruption of
genes involved in

autophagy in
A. oryzae

ΔAoatg1: 60 mg/L chymosin 2.3

[109]

ΔAoatg13: 37 mg/L chymosin 1.4

ΔAoatg4: 80 mg/L chymosin 3.1

ΔAoatg8: 66 mg/L chymosin 2.5

ΔAoatg15: Not detectable -

Control: 26 mg/L chymosin -

with

Table 8. Approaches for improving recombinant protein production through engineering protein
degradation pathways.

Process Modification Performance
Improvement

Factor
Reference

Protein degradation
pathways—ERAD

and Vacuole

Deletion of derA
and derB in A. niger

ΔderA: 80% decrease in Tramete laccase
production 0.2 [99]

- ΔderB: 15.7% increase in Tramete laccase 1.15

Deletion of doaA
and overexpression
of sttC in A. niger

Higher GUS activity compared to
parental strain (no quantitative data

available)
- [106]

Disruption of
Aovps10 in A. oryzae

83.1 and 70.3 mg/L chymosin compared
to 28.7 mg/L in parental strain 3–2.5

[108]22.6 and 24.6 mg/L human lysozyme
compared to 11.1 mg/L in parental strain 2–2.2

Deletion of ERAD
key genes (derA,
doaA, hrdC, mifA

and mnsA) in
A. niger

ΔderA and ΔhrdC: 2-fold increase
compared to parental strain (single-copy) 2

[107]

ΔderA: 6-fold increase compared to
parental strain (multi-copy)

Relative amount of intracellular GlaGus
(β-glucuronidase levels) fusion protein

detected in total protein extracts of strains
with impaired ERAD and respective

parental strain

6

Disruption of
genes involved in

autophagy in
A. oryzae

ΔAoatg1: 60 mg/L chymosin 2.3

[109]

ΔAoatg13: 37 mg/L chymosin 1.4

ΔAoatg4: 80 mg/L chymosin 3.1

ΔAoatg8: 66 mg/L chymosin 2.5

ΔAoatg15: 24 mg/L chymosin 1

Control: 26 mg/L chymosin -

Due to typographical errors concerning reference [126] and [51], replace:
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Table 10. Approaches for improving recombinant protein production through disruption of protease genes.

Process Modification Performance
Improvement

Factor
Reference

Proteases Deletion of pepA in
A. awamori strains

Decreased extracellular proteolytic activity
compared to the wild type (immunoassay using

antibodies specific for PepA, but absolute values for
PepA concentration were not determined)

- [125]

Deletion of pepA in
A. awamori

430 mg/L of chymosin compared to 180 mg/L in the
parental strain 2.4 [128]

Deletion of pepA in
A. niger (AB1.1)

15–20% proteolytic activity compared to the parent
strain AB4.1 - [126]

Mutation on prtT (UV
irradiation) in A. niger

(AB1.13)

1–2% proteolytic activity compared to the parent
strain AB4.1 - [126]

Deletion of prtR, pepA,
cpI, tppA in A. oryzae

ΔprtR/pepA/cpI: 24.23 mg/L of Acremonium
cellulolyticus cellobiohydrolase 1.2

[133]
ΔprtR/pepA/tppA: 21.30 mg/L 1.1

ΔprtR/cpI/tppA: 22.08 mg/L 1.1

ΔprtR/pepA/cpI/tppA: 19.93 mg/L compared to
19.54 mg/L in the control strains 1.02

Deletion of alp and Npl
in A. oryzae

1041 U/g of Candida antarctica lipase B compared to
575 U/g in the parental strains 1.8 [132]

Deletion of various
proteases in A. niger

Δdpp4: 6% increase in Tramete laccase 1.1

[99]

Δdpp5: 15.4% increase 1.2

ΔpepB: 8.6% increase 1.1

ΔpepD: 4.8% increase 1.0

ΔpepF: 5.3% increase 1.1

ΔpepAa: 0.5% increase 1.1

ΔpepAb: 13.4% increase 1.1

ΔpepAd: 2.7% increase 1.0

Δdpp4/dpp5: 26.6% increase 1.3

Disruption of tppA and
pepE in A. oryzae strains

25.4 mg/L of human lysozyme compared to 15 mg/L
in the parental strains 1.7 [118]

Disruption of tppA,
pepE, nptB, dppIV and

dppV in A. oryzae

84.4 mg/L of chymosin compared to the 63.1 mg/L in
the double protease gene disruptant (ΔtppA/pepE) 1.3 [130]

Disruption of tppA,
pepE, nptB, dppIV, and

dppV, alpA, pepA,
AopepAa, AopepAd and

cpI in A. oryzae

109.4 mg/L of chymosin and 35.8 mg/L of human
lysozyme compared to the quintuple protease gene

disruptant (ΔtppA/pepE/nptB/dppIV/dppV;
84.4 mg/L and 26.5 mg/L, respectively)

1.3 and 1.35 [131]

Deletion of prtT in
A. niger

36.3–36.7 U/mL of mL G. cingulate cutinase compared
to 21.2–20.4 U/mL in the parental strain 1.7

[127]
Stability: Cutinase activity retained at 80% over the
entire 14-day incubation period, while the parental
lost more than 50% of their initial activities after six
days of incubation and retained negligible activity

after 14 days

-

Deletion of dppV and
pepA in A. nidulans

P. sanguineus laccase activity 500,000 U/mL compared
to 40,000 U/mL in the control strain 12.5 [51]

Deletion of mnn9 and
pepA in A. nidulans

P. sanguineus laccase activity 300,000 U/mL compared
to 40,000 U/mL in the control strain 7.5 [51]

with
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Table 10. Approaches for improving recombinant protein production through disruption of protease genes.

Process Modification Performance
Improvement

Factor
Reference

Proteases Deletion of pepA in
A. awamori strains

Decreased extracellular proteolytic activity
compared to the wild type (immunoassay using

antibodies specific for PepA, but absolute values for
PepA concentration were not determined)

- [125]

Deletion of pepA in
A. awamori

430 mg/L of chymosin compared to 180 mg/L in the
parental strain 2.4 [128]

Deletion of pepA in
A. niger (AB1.18)

15–20% proteolytic activity compared to the parent
strain AB4.1 - [126]

Mutation on prtT (UV
irradiation) in A. niger

(AB1.13)

1–2% proteolytic activity compared to the parent
strain AB4.1 - [126]

Deletion of prtR, pepA,
cpI, tppA in A. oryzae

ΔprtR/pepA/cpI: 24.23 mg/L of Acremonium
cellulolyticus cellobiohydrolase 1.2

[133]
ΔprtR/pepA/tppA: 21.30 mg/L 1.1

ΔprtR/cpI/tppA: 22.08 mg/L 1.1

ΔprtR/pepA/cpI/tppA: 19.93 mg/L compared to
19.54 mg/L in the control strains 1.02

Deletion of alp and Npl
in A. oryzae

1041 U/g of Candida antarctica lipase B compared to
575 U/g in the parental strains 1.8 [132]

Deletion of various
proteases in A. niger

Δdpp4: 6% increase in Tramete laccase 1.1

[99]

Δdpp5: 15.4% increase 1.2

ΔpepB: 8.6% increase 1.1

ΔpepD: 4.8% increase 1.0

ΔpepF: 5.3% increase 1.1

ΔpepAa: 0.5% increase 1.1

ΔpepAb: 13.4% increase 1.1

ΔpepAd: 2.7% increase 1.0

Δdpp4/dpp5: 26.6% increase 1.3

Disruption of tppA and
pepE in A. oryzae strains

25.4 mg/L of human lysozyme compared to 15 mg/L
in the parental strains 1.7 [118]

Disruption of tppA,
pepE, nptB, dppIV and

dppV in A. oryzae

84.4 mg/L of chymosin compared to the 63.1 mg/L in
the double protease gene disruptant (ΔtppA/pepE) 1.3 [130]

Disruption of tppA,
pepE, nptB, dppIV, and

dppV, alpA, pepA,
AopepAa, AopepAd and

cpI in A. oryzae

109.4 mg/L of chymosin and 35.8 mg/L of human
lysozyme compared to the quintuple protease gene

disruptant (ΔtppA/pepE/nptB/dppIV/dppV;
84.4 mg/L and 26.5 mg/L, respectively)

1.3 and 1.35 [131]

Deletion of prtT in
A. niger

36.3–36.7 U/mL of mL G. cingulate cutinase compared
to 21.2–20.4 U/mL in the parental strain 1.7

[127]
Stability: Cutinase activity retained at 80% over the
entire 14-day incubation period, while the parental
lost more than 50% of their initial activities after six
days of incubation and retained negligible activity

after 14 days

-

Deletion of dppV and
pepA in A. nidulans

P. sanguineus laccase activity 0.5 U/mL compared to
0.04 U/mL in the control strain 12.5 [51]

Deletion of mnn9 and
pepA in A. nidulans

P. sanguineus laccase activity 0.3 U/mL compared to
0.04 U/mL in the control strain 7.5 [51]

Due to a typographical error concerning reference [144], replace:
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Table 12. Approaches for improving recombinant protein production through bioprocessing modifications.

Process Modification Performance
Improvement

Factor
Reference

Fermentation
conditions

Effect of growth medium and
temperature on hen egg white lysozyme

(HEWL) production in A. niger

20–25 ◦C 8–10 mg/L
HEWL while 30–37 ◦C

3–5 mg/L HEWL

Temperature:
2–2.6

[141]

soluble starch: 8.0 mg/L
HEWL

Carbon source:
1.7–2

maltose: 4.5 mg/L HEWL -

glucose: 4.0 mg/L HEWL -

xylose:0.2 mg/L HEWL -

soy milk medium:
30–60 mg/L HEWL

Rich medium:
3.8–7.5

Effect of organic nitrogen sources on
recombinant glucoamylase production in

A. niger

Unsupplemented: 44 mg
glucoamylase/g biomass -

[143]

L-alanine: 32 mg
glucoamylase/g biomass 0.7

L-methionine: 26 mg
glucoamylase/g 0.6

casamino acids, yeast
extract, peptone, and

gelatin: 100 mg
glucoamylase/g

2.2

Effect of agitation intensity on
recombinant amyloglucosidase (AMG)

production in A. oryzae

Titer at the end of the
batch phase

525 rpm: 110 U/L AMG
-

[146]
675 rpm: 230 U/L AMG 1.6

825 rpm: 370 U/L AMG 3.3

Effects of bioprocess
parameters—agitation intensity, initial

glucose concentration, initial yeast extract
concentration, and dissolved oxygen

tension (DO)—on heterologous protein
production in A. oryzae

Highest GFP yields were
achieved under these

conditions: agitation 400
rpm, glucose 25 g/L, yeast
extract 0 g/dm3, DO 15%

- [142]

Effect of agitation intensity on
recombinant glucose oxidase production

in A. niger

200 rpm: 300 mkat/L of
glucose oxidase -

[144]
500 rpm: 800 mkat/L of

glucose oxidase 2.6

800 rpm: 600 mkat/L of
glucose oxidase 1.3

Effect of temperature on Pleurotus eryngii
versatile peroxidase production in

A. nidulans and A. niger

-A. nidulans
31 ◦C: 24 U/L peroxidase

activity
-

[145]

28 ◦C: 80 U/L peroxidase
activity 3.3

19 ◦C: 466 U/L peroxidase
activity 19.4

-A. niger
28 ◦C: 107 U/L peroxidase

activity
-

19 ◦C: 412 U/L peroxidase
activity 3.8

Fungal
morphology

Effect of raising the viscosity of the
medium by addition of

polyvinylpyrrolidone-PVP (transition
from aggregated mycelia (pellets) to
dispersed mycelia) on hen egg white

lysozyme (HEWL) in A. niger

Medium with no PVP:
110 mg/L fresh and 8 mg/g

dry weight of HEWL
1.7 [147]

Medium with PVP:
190 mg/L fresh and

14 mg/g dry weight of
HEWL
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Table 12. Cont.

Process Modification Performance
Improvement

Factor
Reference

Effect of addition of microparticles
(linked to the formation of freely

dispersed mycelium) on titers of native
glucoamylase (GlaA) and recombinant

fructofuranosidase (FF) produced in
A. niger

No microparticles:
17 U/mL GlaA and

42 U/mL FF

3.5 GlaA
2–3.8 FF

[148]
Talc microparticles:
61 U/mL GlaA and

92 U/mL FF
FF production can reach

up to 160 U/mL (10 g/L talc
microparticles of size

6 mm)

Effect of addition of titanate
microparticles (TiSiO4, 8 mm) on titers of

native glucoamylase (GlaA) and
recombinant fructofuranosidase (FF)

produced in A. niger

No microparticles:
19 U/mL GlaA and

40 U/mL FF
9.5 GlaA

3.7 FF
[149]Microparticles: 190 U/mL

glucoamylase and
150 U/mL

fructofuranosidase

Effect of growth type on hen egg white
lysozyme (HEWL) production and

protease activity in A. niger

Free suspension:
5.8 mg/g HEWL

95.3 U/g Protease activity
1.5

[140]
Mycelial pellets:
5.0 mg/g HEWL

58.6 U/g Protease activity
1.2

Celite-560-immobilized
cultures:

4.1 mg/g HEWL
56.3 U/g Protease activity

-

with

Table 12. Approaches for improving recombinant protein production through bioprocessing modifications.

Process Modification Performance
Improvement

Factor
Reference

Fermentation
conditions

Effect of growth medium and
temperature on hen egg white lysozyme

(HEWL) production in A. niger

20–25 ◦C 8–10 mg/L
HEWL while 30–37 ◦C

3–5 mg/L HEWL

Temperature:
2–2.6

[141]

soluble starch: 8.0 mg/L
HEWL

Carbon source:
1.7–2

maltose: 4.5 mg/L HEWL -

glucose: 4.0 mg/L HEWL -

xylose:0.2 mg/L HEWL -

soy milk medium:
30–60 mg/L HEWL

Rich medium:
3.8–7.5

Effect of organic nitrogen sources on
recombinant glucoamylase production in

A. niger

Unsupplemented: 44 mg
glucoamylase/g biomass -

[143]

L-alanine: 32 mg
glucoamylase/g biomass 0.7

L-methionine: 26 mg
glucoamylase/g 0.6

casamino acids, yeast
extract, peptone, and

gelatin: 100 mg
glucoamylase/g

2.2
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Table 12. Cont.

Process Modification Performance
Improvement

Factor
Reference

Effect of agitation intensity on
recombinant amyloglucosidase (AMG)

production in A. oryzae

Titer at the end of the
batch phase

525 rpm: 110 U/L AMG
-

[146]
675 rpm: 230 U/L AMG 1.6

825 rpm: 370 U/L AMG 3.3

Effects of bioprocess
parameters—agitation intensity, initial

glucose concentration, initial yeast extract
concentration, and dissolved oxygen

tension (DO)—on heterologous protein
production in A. oryzae

Highest GFP yields were
achieved under these

conditions: agitation 400
rpm, glucose 25 g/L, yeast
extract 0 g/dm3, DO 15%

- [142]

Effect of agitation intensity on
recombinant glucose oxidase production

in A. niger

200 rpm: 300 μkat/L of
glucose oxidase -

[144]500 rpm: 800 μkat/L of
glucose oxidase 2.6

800 rpm: 600 μkat/L of
glucose oxidase 1.3

Effect of temperature on Pleurotus eryngii
versatile peroxidase production in

A. nidulans and A. niger

-A. nidulans
31 ◦C: 24 U/L

peroxidase activity
-

[145]

28 ◦C: 80 U/L
peroxidase activity 3.3

19 ◦C: 466 U/L
peroxidase activity 19.4

-A. niger
28 ◦C: 107 U/L

peroxidase activity
-

19 ◦C: 412 U/L
peroxidase activity 3.8

Fungal
morphology

Effect of raising the viscosity of the
medium by addition of

polyvinylpyrrolidone-PVP (transition
from aggregated mycelia (pellets) to
dispersed mycelia) on hen egg white

lysozyme (HEWL) in A. niger

Medium with no PVP:
110 mg/L fresh and 8 mg/g

dry weight of HEWL
1.7 [147]

Medium with PVP:
190 mg/L fresh and

14 mg/g dry weight of
HEWL

Effect of addition of microparticles
(linked to the formation of freely

dispersed mycelium) on titers of native
glucoamylase (GlaA) and recombinant

fructofuranosidase (FF) produced in
A. niger

No microparticles:
17 U/mL GlaA and

42 U/mL FF

3.5 GlaA
2–3.8 FF

[148]
Talc microparticles:
61 U/mL GlaA and

92 U/mL FF
FF production can reach

up to 160 U/mL (10 g/L talc
microparticles of size

6 mm)

Effect of addition of titanate
microparticles (TiSiO4, 8 mm) on titers of

native glucoamylase (GlaA) and
recombinant fructofuranosidase (FF)

produced in A. niger

No microparticles:
19 U/mL GlaA and

40 U/mL FF
9.5 GlaA

3.7 FF
[149]Microparticles: 190 U/mL

glucoamylase and
150 U/mL

fructofuranosidase

Effect of growth type on hen egg white
lysozyme (HEWL) production and

protease activity in A. niger

Free suspension:
5.8 mg/g HEWL

95.3 U/g Protease activity
1.5

[140]
Mycelial pellets:
5.0 mg/g HEWL

58.6 U/g Protease activity
1.2

Celite-560-immobilized
cultures:

4.1 mg/g HEWL
56.3 U/g Protease activity

-

163



Catalysts 2020, 10, 1400

This update does not change any of the scientific results of the paper. The authors would like to
apologize for any inconvenience caused to the readers by these changes. The manuscript will be updated
and the original will remain online on the article webpage: https://www.mdpi.com/2073-4344/10/9/1064.
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