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la Fuente, Anabel Marina, Begoña Aguado and Jose M. Requena

The Experimental Proteome of Leishmania infantum Promastigote and Its Usefulness for
Improving Gene Annotations
Reprinted from: Genes 2020, 11, 1036, doi:10.3390/genes11091036 . . . . . . . . . . . . . . . . . . 133
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Preface to ”Kinetoplastid Genomics and Beyond”

Kinetoplastids are a clade of protists located among the earliest-branching eukaryotes. They

are mainly recognized because the medical and economic importance of some of their members,

e.g. Trypanosoma ssp., causing Chagas disease and sleeping sickness in humans, and Leishmania

spp., causing kala-azar and other types of leishmaniases. Nevertheless, many parasites for plants

(Phytomonas spp.) and insects (Leptomonas, Crithidia, and other genera) also belong to this class.

In addition, free-living kinetoplastids (bodonids) are abundant and active microbial predators in

terrestrial and aquatic ecosystems. Kinetoplastids, together with other two major clades (euglenids

and diplonemids), constitute a monophyletic group of flagellates: the Euglenozoa.

Apart from their medical and veterinary relevance, these organisms generate a considerable

basic scientific interest due to their bizarre cytology, genome organization, and mechanisms of gene

expression regulation. In recent years, the incorporation of “omics”methodologies to the study

of these organisms has allowed assembly of the genomes for a growing number of both parasitic

and free-living kinetoplastids to analyze changes in gene expression, determine the proteome

compendium, establish metabolic pathways, etc.

The aim of this Special Issue was to bring together a set of reviews and research articles on recent

and cutting-edge advances in topics related to genome organization, mechanisms of gene expression,

and experimental and bioinformatics methodologies, among others. I am grateful to those colleagues

who decided contributing to this objective, submitting eleven excellent articles that are now compiled

in this book.

In the following paragraphs, with the objective of guiding readers, the contents of the different

chapters are briefly summarized, and their connections are highlighted.

As mentioned above, within kinetoplastids, the parasites referred to as trypanosomatids cause

severe diseases in humans. Unfortunately, there are no vaccines to prevent these infections, and the

available drugs to control these diseases are far from ideal due to host toxicity, limited access, and

increasing rates of drug resistance. Here, in the first chapter, Bhattacharya and colleagues present

a comprehensive review on current chemotherapy against tripanosomatids and, more importantly,

describe the technological advances in parasitology, chemistry, and genomics that have brought

improved compound screening technologies and incorporated novel drug concepts. As documented

in this review, these new approaches are uncovering new lead compounds and, consequently, more

effective treatments are envisioned for the near future [1].

The need for new drugs for treatment and the problem of drug resistance is also illustrated in

the article by Ghosh et al [2]. Artemisinin, a drug used for malaria treatment, is being explored as

a candidate drug for combating leishmaniasis. Nevertheless, apart from its efficacy, it is mandatory

to establish the easiness by which parasites might create resistance. In this study, by comparative

genomics and transcriptomics analyses of in vitro-adapted artesunate-resistant Leishmania donovani

parasites, the authors have outlined the molecular basis underlying artemisinin resistance in

Leishmania parasites.

Trypanosomatids exhibit a number of highly peculiar molecular features. Among them, a

remarkable peculiarity is the genome structure: genes are organized into large collinear clusters,

but contrary to prokaryotic polycistronic units, the genes present have no common nor akin

function. Other modulators of genome structure are retroposons and gene families comprised of

abundant and sequence variable members. These genomic peculiarities are illustrated in the chapter

ix



by Herreros-Cabello et al. [3], who reviewed current knowledge on Trypanosoma cruzi genome

architecture and plasticity. Within the study of the T. cruzi genome, the chapter by Bernardo et al

[4] shows an in-depth analysis of the Retrotransposon Hot Spot (RHS) gene family. The RHS family

is the largest gene family existing in the T. cruzi genome, but, at the same time, the most enigmatic

regarding their cellular functions. Based on their nuclear location, the authors suggest that RHS

proteins might be involved in the control of the chromatin structure and gene expression along the

parasite life cycle. Apart from multigenic families, the T. cruzi genome is populated by interspersed

repetitive DNA elements that amount for a significant fraction of its genomic content. As suggested

by Calderano et al. [5], these repeated elements, often located at the 3’-untranslated regions (3’-UTRs)

of genes, may be essential players for the mechanisms regulating gene expression. The kinetoplastids

have a unique reliance on post-transcriptional control of gene expression, and the uncovering of cis-

and trans-acting regulators is a basic step towards the understanding of how these organisms regulate

mRNA and proteins levels.

Crucial components of genome architecture are origins of replication (ORIs), i.e., the places in

which DNA replication initiates. The activation (firing) of ORIs is an extremely regulated process, as

the cell viability depends on the complete replication of every chromosome within a precise phase

(S-phase) of the cell cycle. In kinetoplastids, our knowledge about the number of ORIs required

to replicate their genomes is limited. In the chapter by da Silva et al. [6], a bioinformatic tool

designed to calculate the minimum number of ORIs required to duplicate an entire chromosome

within the S-phase duration in trypanosomatids (T. cruzi, Leishmania major, and T. brucei) and yeasts

(Saccharomyces cerevisiae and Schizosaccharomyces pombe) is described.

Complete and well-annotated genomes represent the ultimate resource for genome-wide scale

studies, such as transcriptomic and proteomic analyses. However, as documented in the chapter

by Sanchiz et al. [7], a proteogenomic approach should be considered as a first choice when

determining the experimental proteome for a given organism, Leishmania infantum in this instance.

This strategy would allow the uncovering of new protein-coding genes and, consequently, to improve

gene annotations.

As mentioned above, kinetoplastids depend on post-transcriptional mechanisms for gene

expression regulation. This includes post-transcriptional protein modifications, which contribute

to cellular phenotypes by altering protein abundance, function, and localization. In the chapter by

Bea et al. [8], it is documented that the machinery of modification of polypeptides by the covalent

attachment of small ubiquitin-like modifier (SUMO) moiety (SUMOylation of proteins) is essential for

Leishmania donovani viability and infectivity. In this study, the CRISPR-Cas9-mediated gene edition

system was used. The CRISPR (Clustered Regularly Interspaced Short Palindromic Repeats)–Cas9

(CRISPR-associated protein 9) methodology is revolutionizing in vivo studies aimed to decipher gene

function in many organisms. The chapter by Adaui et al. [9] illustrated the use of this technique

in Leishmania braziliensis. The authors successfully applied a cloning-free, PCR-based CRISPR–Cas9

technology to inactivation of the two alleles of two well-characterized heat-shock genes, HSP23 and

HSP100. The detailed description of the technique and the compendium of methods used in the study

for the characterization of the mutant lines make this chapter a methodological reference article.

The evolutionary and biogeographical history of kinetoplastids is fascinating, even though

it remains a hotly debated topic, and multiple hypotheses have been proposed. The chapter by

Cantanhêde et al. [10] reviewed our current knowledge on the origin of Leishmania parasites, adding

a new player, the RNA viruses identified in many species of this genus. Phylogenetic analyses
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of the endosymbiotic Leishmania viruses and the Leishmania species harbouring them suggest a

long coevolutionary relationship, which would enhance parasite survival and virus fitness during

leishmaniasis.

As stated above, kinetoplastids belong to the Euglenozoa group, an evolutionary ancient phylum

of flagellate eukaryotes. In the final chapter of this book, Cordoba and co-workers [11] present a

study aimed to generate a comprehensive transcriptome for Euglena gracilis, a known photosynthetic

microeukaryote considered as the product of a secondary endosymbiosis between a green alga and

a phagotrophic unicellular protist, an evolutionary relative of kinetoplastids. Thus, analysing E.

gracilis genomic and transcriptomic information is a way to approach the evolution of parasitism.

In this regard, the authors of this study show evidence that trans-splicing mechanisms (typical of

trypanosomatids) are also occurring in a large percentage of the E. gracilis transcripts.

In summary, this collection of eight original research articles and three reviews covers a wide

range of topics in the field of kinetoplastids. In addition, readers can find a compendium of

experimental methods and bioinformatics tools.

Finally, I would like to express my gratitude to the contributing authors and thanks to Maggie

Miao for her invaluable editorial assistance. This book is also dedicated to my daughter Carmen.

References

1. Bhattacharya, A.; Corbeil, A.; Do Monte-Neto, R.L.; Fernandez-Prada, C. Of drugs and

trypanosomatids: New tools and knowledge to reduce bottlenecks in drug discovery. Genes (Basel).

2020, 11, 1–24.

2. Ghosh, S.; Verma, A.; Kumar, V.; Pradhan, D.; Selvapandiyan, A.; Salotra, P.; Singh,

R. Genomic and transcriptomic analysis for identification of genes and interlinked pathways

mediating artemisinin resistance in leishmania donovani. Genes (Basel). 2020, 11, 1362,

doi:10.3390/genes11111362.

3. Herreros-Cabello, A.; Callejas-Hernández, F.; Gironès, N.; Fresno, M. Trypanosoma cruzi

genome: Organization, multi-gene families, transcription, and biological implications. Genes (Basel).

2020, 11, 1196.

4. Bernardo, W.P.; Souza, R.T.; Costa-Martins, A.G.; Ferreira, E.R.; Mortara, R.A.; Teixeira,

M.M.G.; Ramirez, J.L.; Da Silveira, J.F. Genomic organization and generation of genetic variability in

the RHS (Retrotransposon hot spot) protein multigene family in Trypanosoma cruzi. Genes (Basel).

2020, 11, 1–19, doi:10.3390/genes11091085.

5. Calderano, S.G.; Nishiyama Junior, M.Y.; Marini, M.; Nunes, N. de O.; Reis, M. da S.; Patané,
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B.; de Oliveira R. Pereira, L.; Côrtes Boité, M.; Cupolillo, E. The maze pathway of coevolution: A

critical review over the leishmania and its endosymbiotic history. Genes (Basel). 2021, 12, 657.

11. Cordoba, J.; Perez, E.; Van Vlierberghe, M.; Bertrand, A.R.; Lupo, V.; Cardol, P.; Baurain, D.

De Novo Transcriptome Meta-Assembly of the Mixotrophic Freshwater Microalga Euglena gracilis.

Genes (Basel). 2021, 12, 842, doi:10.3390/genes12060842.

Jose M. Requena

Editor

xii



genes
G C A T

T A C G

G C A T

Review

Of Drugs and Trypanosomatids: New Tools and
Knowledge to Reduce Bottlenecks in Drug Discovery

Arijit Bhattacharya 1 , Audrey Corbeil 2, Rubens L. do Monte-Neto 3 and

Christopher Fernandez-Prada 2,*

1 Department of Microbiology, Adamas University, Kolkata, West Bengal 700 126, India; arijbhatta@gmail.com
2 Department of Pathology and Microbiology, Faculty of Veterinary Medicine, Université de Montréal,

Saint-Hyacinthe, QC J2S 2M2, Canada; audrey.corbeil@umontreal.ca
3 Instituto René Rachou, Fundação Oswaldo Cruz, Belo Horizonte MG 30190-009, Brazil;

rubens.monte@fiocruz.br
* Correspondence: christopher.fernandez.prada@umontreal.ca; Tel.: +1-450-773-8521 (ext. 32802)

Received: 4 June 2020; Accepted: 26 June 2020; Published: 29 June 2020
����������
�������

Abstract: Leishmaniasis (Leishmania species), sleeping sickness (Trypanosoma brucei), and Chagas
disease (Trypanosoma cruzi) are devastating and globally spread diseases caused by trypanosomatid
parasites. At present, drugs for treating trypanosomatid diseases are far from ideal due to host
toxicity, elevated cost, limited access, and increasing rates of drug resistance. Technological advances
in parasitology, chemistry, and genomics have unlocked new possibilities for novel drug concepts
and compound screening technologies that were previously inaccessible. In this perspective, we
discuss current models used in drug-discovery cascades targeting trypanosomatids (from in vitro to
in vivo approaches), their use and limitations in a biological context, as well as different examples of
recently discovered lead compounds.

Keywords: trypanosomatids; neglected tropical diseases; Leishmania; Trypanosoma cruzi;
Trypanosoma brucei; drug discovery; in vitro models; in vivo models; genomics; drug resistance

1. Introduction: Status and Impact of Trypanosomatid-Borne Infections

In 1970, the Rockefeller Foundation coined the term “Neglected Tropical Diseases” (NTDs),
which still applies to three major, chronic, debilitating, and poverty-promoting diseases caused by
trypanosomatid parasites: human African trypanosomiasis (HAT or sleeping sickness), caused by
Trypanosoma brucei and transmitted by tsetse flies; Chagas disease (South American trypanosomiasis)
caused by T. cruzi and transmitted by blood-sucking triatomine bugs; and leishmaniasis, caused by
various species of the genus Leishmania and transmitted by sand flies. At present, the therapeutic
arsenal to combat these infections is ineffective and highly toxic. Progressively over the last two
decades, this situation has been aggravated by the emergence and spread of drug-resistant strains [1].

Although the WHO has targeted the elimination of HAT as a public health problem by 2020
(and interruption of transmission for 2030), Chagas disease and leishmaniasis are global threats in
continuous expansion [2–6]. Chagas disease affects an estimated 8–10 million people worldwide,
approximately 30% of which will develop chronic Chagas cardiac disease, leading to 14,000 deaths
per year [1,6]. The cost of Chagas disease was estimated in 2013 at more than US$ 7 B/year, including
lost productivity [7]. However, and despite these alarming numbers, only two toxic, old-fashioned
compounds, benznidazole and nifurtimox (Figure 1), are approved for the treatment of Chagas
disease [6,8]. While benznidazole is only FDA-approved for pediatric and acute cases of T. cruzi

infection, nifurtimox is still only available under compassionate-use directives from the CDC [9,10].
Moreover, the efficacy of benznidazole treatment in chronic Chagas patients is controversial [10,11].
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In addition to the unacceptable side effects of these drugs, drug resistance has emerged as a major
concern in terms of treatment failure [1,12,13].
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Leishmaniasis is estimated to be the ninth largest disease burden among individual infectious
diseases, and the most dangerous of the NTDs. Leishmaniasis currently infects around 12 million
people worldwide, and it is spreading with ca. 0.7–1 million new cases per year [14]. Dramatically, its
visceral form (also referred as VL) has a 95% fatality rate among the poorest people in the world. The
control of leishmaniasis relies on old-fashioned, highly toxic chemotherapy using a very limited number
of registered molecules (Figure 1). In addition to toxicity, significant drawbacks such as complex
route of administration, length of treatment, emergence of drug resistance, and costs limit their use in
endemic areas [1,14]. Furthermore, NTDs are becoming emergent diseases in non-tropical countries,
triggering vast socioeconomic consequences. The absence of investment to combat NTDs is likely
due to their traditional cause of misfortune to poor, rural, and otherwise marginalized populations.
However, their impact has shifted because of resistant strains and globalization. Without effective
new drugs, the incidence of Chagas disease and leishmaniasis is expected to spread owing to climate
change, global urbanization, immunosuppressive disease, etc. [15,16].

Traditionally, pharmaceutical companies have shown a very limited interest in improving current
therapeutics against trypanosomatid parasites because of the expected low return on investment when
targeting communities with little to no purchasing power [17,18]. In order to alleviate the costs and
accelerate the marketing process [19–21] (e.g., to avoid obstacles during clinical trials, such as drug
toxicity or unfavorable pharmacokinetics) [22], many initiatives are trying to find new indications
for already-existing drugs, also known as drug repurposing (or drug repositioning) [1]. On the other
hand, other initiatives—especially those stemming from academia—are targeted for identifying new
points of intervention and to conceive novel drugs. In both cases, interdisciplinary research between
experts in parasitology and chemistry is required, such that the former focus primarily on established
drugs to treat infection due to limited access to novel molecules. Markedly, the critical situation with
NTDs calls for the urgent development of high-throughput approaches for assessing drug efficacy and
resistance, as well as novel therapeutics to avoid the emergence and spread of drug-resistant strains.
Through this review, we aim to bring together these two major fields of knowledge and shed some
light on the different models that are currently available, in order to build a drug-discovery pipeline
targeting trypanosomatids (from in vitro to in vivo approaches), their use and limitations, as well as
recent endeavors for discovering lead compounds.

2. Trypanosomatids′ Life Cycle in the Context of In Vitro Screening Assays

Pathogenic trypanosomatids have complex, digenetic lifecycles, which require the presence of
both invertebrate and vertebrate hosts (summarized in Figure 2). In this way, various developmental
stages throughout trypanosomatids’ lifecycle are required to guarantee their survival and spread.

These diverse stages encompass many metabolic, biochemical, and cell biological adaptations,
including a significant variation of cell morphology [23–25]. Because of these changes, it is hard, and
sometimes impossible, to establish a correlation between compounds selected in assays targeting
different forms of the same parasite (e.g., extracellular vs. intracellular). In the current lack of
methodology standardization, this section will discuss the mains aspects to be considered to choose
the most adapted in vitro screening assay to start a drug discovery cascade.

3
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use and limitations, as well as recent endeavors for discovering lead compounds. 

2. Trypanosomatids′ Life Cycle in the Context of In Vitro Screening Assays 

Pathogenic trypanosomatids have complex, digenetic lifecycles, which require the presence of 
both invertebrate and vertebrate hosts (summarized in Figure 2). In this way, various developmental 
stages throughout trypanosomatids’ lifecycle are required to guarantee their survival and spread.  

 

Figure 2. Life cycles of pathogenic trypanosomatid parasites. The clinically relevant life-cycle stages 
that are targets for drug intervention are intracellular amastigotes in Leishmania sp.; bloodstream 

Figure 2. Life cycles of pathogenic trypanosomatid parasites. The clinically relevant life-cycle stages
that are targets for drug intervention are intracellular amastigotes in Leishmania sp.; bloodstream forms
(bloodstream long slender form (B-LS) and bloodstream short stumpy form (B-SS)) in Trypanosoma brucei;
and infective trypomastigotes and intracellular amastigotes in Trypanosoma cruzi.

2.1. Leishmania Parasites

Leishmania parasites cycle between the motile promastigote form in the gut of the sand-fly vector
and the intracellular amastigote stage within the macrophages and other types of mononuclear
phagocytic cells of the mammalian host. In this way, when invading macrophages, Leishmania

promastigotes block the phagosome maturation process and create an environment that is propitious to
amastigote differentiation. Subsequent divisions and later infection of other mononuclear phagocytic
cells, as well as different tissues, leads to the setup and progression of the clinical manifestations
related to these diseases [26]. Traditionally, compounds have been evaluated by means of cell-free
assays using axenic promastigotes and amastigotes, which allow high-throughput screening and
high reproducibility, while relying on a limited number or parasites per evaluation. However,
these two parasite forms present several important caveats that can lead to the selection of false
candidates. On the one hand, promastigotes are not the mammalian form, and they show significant
differences in their metabolic profile when compared to intracellular amastigotes. Moreover, their
growth and sensitivity are influenced by different parameters, such as cell culture density, medium
composition, and compound mode of action (MoA), among others, so care must be taken in interpreting
the data [27]. While closer to the mammalian form, axenic amastigotes retain some promastigote
traits, leading to a lack of correlation between axenic forms screenings and intracellular amastigote
assays, which increases the false-positive rate of hit discovery when using this artificial form [28].
Consequently, models using the intracellular amastigote infecting mammalian host cells remain the
gold standard in the determination of drug sensitivity. These models have great advantages such as
the direct evaluation of drug penetration in the host cell, as well as drug activity in the phagolysosome
milieu, among others [29,30]. Moreover, intracellular amastigotes are generally more sensitive than
promastigotes against most of the drugs currently used in clinic, such as antimony or miltefosine [31,32],
which could be a consequence of genes differentially regulated in the two developmental stages of the
parasite [31,33,34]. The activity of candidate compounds against intracellular amastigotes is determined
by microscopic automatic/manual counting of infected macrophages and the number of parasites
per macrophage (parasitic index) or by spectrophotometric (e.g., optical density or staining) and
fluorometric methods. These latter include the automated detection and quantification of genetically
engineered amastigotes that express fluorescent and bioluminescent reporters, which enables faster
read-outs and higher throughput [35]. Nonetheless, determination of the cidal and static effects of
candidate compounds against intracellular forms can be very challenging, in part because of the slow
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replication rate of amastigotes when compared to promastigotes [36–38]. Moreover, this determination
could be biased by many confounding factors that can reduce lab-to-lab reproducibility and lead to false
hit discoveries. These factors could include macrophage infection rate, incomplete amastigogenesis,
impact of distinct culture media, as well as the intrinsic pathogenicity of the strain selected for the
assay [39–41].

Despite these potential limitations, in vitro amastigote assays (infecting THP-1 and primary
mouse macrophages (PMM cells)) have led to the discovery and optimization of a novel series of
amino-pyrazole ureas with potent antileishmanial activity [42]. Likewise, more recently, Van den
Kerkhof et al. (2018) evaluated three antileishmanial leads series (nitroimidazoles, oxaboroles and
aminopyrazoles) using intracellular L. donovani and L. infantum amastigotes infecting PMM, and showed
a good in vitro to in vivo correspondence, with high efficacy and negligible side effects in vivo [43].
Tunes et al. (2020) found that gold(I)-derived complexes were very active against L. infantum and
L. braziliensis intracellular amastigotes infecting THP-1 cells, including antimony-resistant strains
(SbR), and they were potent inhibitors of trypanothione reductase. Moreover, two of these complexes
presented very favorable pharmacokinetic and safety profiles in vivo after oral administration [44].
In the search of more robust, scalable, and reproducible models, Melby′s team developed an ex vivo
splenic explant assay that allows the identification of new compounds active against Leishmania within
the pathophysiologic environment [45,46]. In this way, they recovered the spleens of hamsters infected
with a luciferase-transfected L. donovani strain, and used amastigote-harboring splenocytes to evaluate
the antileishmanial activity of more than 4000 molecules. This medium-throughput screen revealed 84
small molecules with good antileishmanial activity and an acceptable toxicity evaluation [45]. Similarly,
in a drug repurposing initiative, Fernandez-Prada et al. (2013) used BALB/c-derived splenic explants
infected with L. infantum amastigotes expressing the infrared fluorescent protein IFP1.4 to evaluate
the antileishmanial effect of anticancer-drug camptothecin and several analogues [37]. Markedly, and
despite their many advantages, engineered parasites are not flawless, and different mitigation strategies
should be taken into account in order to avoid any compensatory change in parasite metabolism or
virulence (e.g., prioritize the use of integrative strategies to generate the strain) [35]. A final important
remark is that, as has been recently demonstrated, there could be different compound efficiencies
linked to the drug susceptibility background of the Leishmania strains used in the screening process
(especially in the case of antimony susceptibility), which shows the potential value of including clinical
isolates (and resistant strains) in the drug discovery cascade [47].

2.2. Trypanosoma brucei

Contrary to Leishmania, the T. brucei life cycle does not require the intracellular environment for
any of its developmental forms. T. brucei is transmitted between mammalian hosts by Glossina spp.
(tsetse fly), in which the bloodstream short stumpy form (B-SS) differentiates into the replicative
procyclic form (PFs). PFs migrate to the proventriculus were they subsequently differentiate into
epimastigotes and into cycle-arrested metacyclics (infective form) in the salivary glands of the tsetse
fly. Parasites colonize the mammalian host during the blood meal of the fly and differentiate into
bloodstream long slender form (B-LS), which eventually evolves to the B-SS form by a quorum-sensing
mechanism [48,49]. Consequently, drug-screening assays targeting T. brucei rely on the bloodstream
form of the parasite. Different approaches for whole-cell, high-throughput screening have recently
been successfully developed. Mackey et al. (2006) screened 2160 FDA-approved drugs, bioactive
compounds, and natural products to identify hits that were cytotoxic to T. brucei at a concentration
of 1 µM or less. This approach led to the identification of 35 new hits from seven different drug
categories, which included two approved trypanocidal drugs, suramin and pentamidine [50]. Similar
to Leishmania, bioluminescent-engineered T. brucei have recently been developed and implemented in
whole-cell high-throughput screens. Sykes et al. (2009) developed a luciferase-based viability assay for
ATP detection in a 384-well format, making high-throughput whole-cell screening in T. brucei very
reproducible, sensitive, and cost effective [51]. Later, Sykes et al. (2012) described the application of an
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Alamar Blue (resazurin)-based, 384-well high-throughput screening (HTS) assay to screen a library
of 87,296 compounds, leading to 6 hits from 5 new chemical classes displaying great activity against
T.b. rhodesiense [52]. As an alternative to luciferase and Alamar Blue, Faria et al. (2015) developed
a whole-cell assay in 384-well plates based on the quantitative detection of double-stranded DNA
bound to cyanine dye SYBR Green. The assay was a validated screening of a kinase-focused library
composed of 4000 compounds, leading to the discovery of novel scaffolds with potent antitrypanosomal
activity [53]. In the recent years, thanks to different screening initiatives, several new leads such as
diamidine derivatives, fexinidazole, oxaborole SCYX-7158, quinolone amide GHQ168, and acoziborole
are now in various stages of the development pipeline for treating HAT [54–56].

2.3. Trypanosoma cruzi

Infective trypomastigotes and intracellular replicative amastigotes are the clinically relevant
life-cycle stages of T. cruzi that are targets for drug intervention [57]. Briefly, non-dividing T. cruzi

metacyclic trypomastigotes are transmitted to humans in the feces of infected triatomine bugs at the
bite site of these hematophagous insects. Trypomastigotes invade various cell types and transform
into intracellular amastigotes, which multiply by binary fission until the host cell is overwhelmed, and
then transform into bloodstream trypomastigotes and spread to distant sites through the lymphatics
and bloodstream. Once back in the insect vector, trypomastigotes transform into epimastigotes and
then differentiate into infective metacyclic trypomastigotes [58]. Despite many efforts, only two
compounds, benznidazole (since 1972) and nifurtimox (since 1967), are currently used for the treatment
of certain forms of Chagas disease [59]. Markedly, drug discovery in T. cruzi is handicapped by the
small number of well-established targets (e.g., the sterol biosynthetic pathway, cruzipain, cytochrome
b, trypanothione reductase, cyclophilin, or carbonic anhydrases [57]), which explains the wide use
of phenotypic approaches that have become the main pillar of Chagas R&D [60]. Drug screening
against T. cruzi can be performed in cell-free axenic amastigotes and epimastigotes, as well as in
intracellular amastigotes, with similar advantages and caveats to those previously discussed for
Leishmania. In terms of tools for measuring the trypanocidal effect of the compounds, screening systems
have evolved from manual microscopic counting of parasite growth; the use of colorimetric substrates
(e.g., chlorophenol-red-β-D-galactopyranoside); bioluminescent (e.g., parasites expressing the firefly
luciferase) and fluorescent reporters (e.g., tdTomato-expressing lines); and high-content imaging
approaches that do not require the incorporation of any reporter molecule [35,61,62]. Engel et al. (2010)
developed a cell-based HTS assay that can be used with untransfected T. cruzi isolates and host cells
that can simultaneously measure efficacy against the parasite and host cell toxicity. This approach
was used to screen a library of 909 bioactive compounds, leading to the identification of 55 hits [63].
Using NIH-3T3 fibroblasts infected with a recombinant T. cruzi strain expressing beta-galactosidase as
an intracellular reporter, Peña et al. (2015) screened the GlaxoSmithKline diversity set of 1.8 million
compounds. A total of 2310 compounds were identified with great potency against T. cruzi (pIC50

> 5) and a selectivity index > 10 [64]. The resulting lead compounds were further validated by
Alonso-Padilla et al. (2015) using a novel, highly reproducible, high-content, high-throughput assay
using myoblasts [65]. De Rycker et al. (2016) developed a new hit discovery screening cascade
designed combining a primary imaging-based assay followed by newly developed and appropriately
scaled secondary assays to predict the cidality and rate-of-kill of the compounds. This cascade was
used to profile the SelleckChem set (421 FDA-approved drugs) and the NIH Clinical Collection set
(727 compounds that have been used in clinical trials), leading to the identification of several known
clinical compounds as candidates for a repurposing strategy for Chagas disease [66]. This cascade was
further improved by the inclusion of three distinct in vitro assays: the slow replicating/cycling strain
potency assay, the trypomastigote assay, and the extended duration washout assay [67]. Recently,
Bernatchez et al. (2020) screened 7680 compounds from the Repurposing, Focused Rescue, and
Accelerated Medchem library, and identified seven lead compounds with potent in vitro activity
against T. cruzi and good therapeutic index [68].
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3. Animal Models in Drug Discovery and Development against Trypanosomatids

Animal models are expected to mimic the pathophysiological features and immunological
responses observed in the human host. A good experimental model for parasitic infections allows
estimation of the specificity of drug action in relation to absorption, distribution, metabolism, excretion,
and toxicity. Experimental models like rodents, dogs, and monkeys have been developed in order
to identify and profile novel drugs against trypanosomatids, though mimicking the pathogenesis of
disease and the impact of natural transmission is difficult to emulate under laboratory conditions [69].
The genotypic feature of laboratory models also augments hindrances due to restricted genotypic
variations compared to infection with wild varieties. Hence, animal models developed and practiced
for T. brucei, T. cruzi, or Leishmania infections do not accurately reproduce the consequences in human
hosts, though several of these models exhibit an acceptable degree of proficiency for drug and vaccine
development, particularly for the in vivo testing of trial compounds and libraries [70]. Important
among them are BALB/c mice and Syrian golden hamster (primary tests), dogs (secondary tests),
and monkeys (tertiary screens) as models for VL alongside athymic and SCID mice, which serve as
a model for the treatment of VL in immunosuppressed conditions [69,71]. The genetic basis of the
degree of susceptibility of mice to Leishmania has been linked to the Sc11 1a1 locus, based on which the
outcome can be either self-healing or fatal [72]. The widely used (BALB/c and C57BL/6) mice breeds
are mutated in the locus. In BALB/c mice, the immunopathology does not actually resemble human
infection; instead, after around four weeks of infection, a strong Th1 response results in clearance of
the parasite from the liver [72]. BALB/c is also highly susceptible to infection by L. major, with severe
lesions and parasite-specific Th2 response with the enhanced expression of deactivating macrophage
cytokines—particularly interleukin 4 (IL-4), interleukin 10 (IL-10), and transforming growth factor-β
(TGF-β) [73]. On the contrary, the majority of inbred mouse strains like CBA and C57BL/6 are resistant
to infection by L. major, and lesions spontaneously heal in 10–12 weeks [73]. The situation is bit
different for the new-world L. mexicana and L. amazonensis, for which BALB/c, C57BL/6, and CBA/J
mice are susceptible to infection [70]. On the contrary, for L. braziliensis, majority of mouse strains are
resistant as the parasite does not induce protective Th2 response in the host [74]. However, for BALB/c,
co-administration with salivary gland exudates of the vector promotes infection by altering the cytokine
milieu [74]. Genetic susceptibility studies identified that the scl-1 locus controls the healing versus
non-healing responses to L. major and the scl-2 is ascribed to the development of L. mexicana-induced
cutaneous lesions. Around 30 loci have been identified as involved in the complex control of cutaneous
leishmaniasis (CL) in mice [75]. BALB/c mice have been exploited as a model to profile metabolic
changes during infection by T. brucei [72]. Mouse models including BALB/c, SCID, C57BL/6, and CH3
are the most widely used animal models in Chagas disease research [76]. However, the outcome
was different in terms of Chagasic cardiomyopathy based on the strain of parasite and mouse line
chosen for infection. Among alternative rodent models, guinea pigs have also been used as a model for
experimental T. cruzi infection for acute and chronic Chagas disease [77–79]. For T. brucei, Wistar rats
have been exploited as a preclinical model for HAT-associated cardiomyopathy [80]. The cotton rat
(Sigmodon hispidus) represents one of the most susceptible animal hosts for L. donovani. The infection
remains for 3–4 months, and after the appearance of initial clinical signs, the disease progresses
rapidly, leading to death of the host [81]. Among various hamster species that are susceptible to
L. donovani, the Syrian golden hamster (Mesocricetus auratus) represents a good model for VL with
synchronous infection in the liver and spleen that culminates into a chronic non-cure infection with
immune responses similar to human VL [81]. However, optimization of this model for drug screening
is also effectively achieved through an ex-vivo splenic explant [45]. The only model that shows true
potential for the evaluation of potential drugs targeting L. braziliensis, with low virulence for mice, is the
golden hamster. Disease progression can be monitored over longer periods due to the chronic nature
of the disease in the hamster [82]. For L. infantum, dogs are the natural reservoir. The natural infection
of domestic dogs with L. braziliensis, L. panamensis and L. mexicana has been reported in Latin America.
The infection of dogs with L. infantum is a pertinent laboratory model because it reproduces the natural
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infection with considerable similarity to human infections. The use of dogs as experimental models
to study VL actually elucidated the role of immune cells, cytokines, and signaling events mediating
immune response during Leishmania infection, offering crucial clues for developing immunotherapy.
Canine models of L. mexicana infection have been established with Beagle dogs [83].

Non-human primates are exploited as the first experimental model for evaluating safety and
efficacy of drugs and vaccines. For VL, Macaca sp. developed low and/or inconsistent infections.
However, Presbytis entellus showed substantial susceptibility to hamster-derived amastigotes of
L. donovani with all the clinical-immunopathological features as observed in kala-azar characterized by
consistent and progressive acute fatal infection, leading to death between 110 to 150 days post-infection.
The L. major–rhesus monkey model emulates self-limiting human cutaneous leishmaniasis that resolves
within three months [73,84,85]. The model also shows promise in deciphering the intricacies of immune
function and granuloma formation by L. braziliensis, rendering it as a useful model for drug and vaccine
development [86]. Non-human primates have been explored as models for Chagas disease, but in
most of the studied cases only a limited number of animals develop typical cardiomyopathy signifying
T. cruzi infection [87]. Recent analysis of circulating leukocytes from naturally infected non-human
primate cynomolgus macaque revealed a strong resemblance with immune-pathological biomarkers of
Chagas disease in humans, projecting the prospect of this model in preclinical studies for new drugs
for Chagas disease [87].

4. Cheminformatics in Drug Discovery

After the identification of several important and prospective drug targets like reductases of folate
metabolic cascade, kinases, cAMP-phosphodiesterases, and enzymes for trypanothione synthesis and
purine salvage, cheminformatics studies to identify structure–activity relationships for the design
of optimized compounds have been prioritized. In recent times, combinatorial chemistry and HTS
have enabled tests on large compound libraries, which encompass a significant chemical diversity, in
short time scales [88,89]. Cheminformatics tools are broadly classified into structure- and ligand-based
drug design (SBDD and LBDD) approaches. SBDD exploits the 3D coordinates of target structures for
favorable ligand interactions. Potential ligands can be screened by molecular docking or structure-based
virtual screening of potential ligands. High-affinity interactions between the binding site and ligand
can be achieved by exploring binding site attributes like electronic distribution. The establishment
of structure–activity relationships (SARs) can be achieved through experiments to further optimize
ligand–receptor affinity [90]. Alternatively, ligand-based drug design studies can be performed without
the receptor 3D structure. Instead, they require information on the structure, activity, and molecular
properties of small molecules [91]. Chemometric models based on quantitative structure–activity
and structure–property relationships (QSAR and QSPR, respectively) can be built in order to identify
molecular descriptors complementing the target property [92].

Pteridine reductase (PTR1), an enzyme of the folate biosynthetic pathway, was one of the prominent
candidates for drug targeting since no homologue of that protein is detectable in mammalian hosts. The
crystal structure of LmjPTR1 was determined [93]. Implementing an SBDD strategy, Rasid et al. (2016)
identified a number of dihydropyrimidine- and chalcone-based inhibitors for Leishmania PTR1 [94].
Using homology model for type 2 NADH dehydrogenase, Stevanovic et al. (2018) conducted
a pharmacophore-based virtual screening to identify several hits [95]. A 6-methoxy-quinalidine
derivative showed potential inhibition of the recombinant protein and inhibition of amastigotes with an
EC50 of nanomolar range. Tryparedoxin peroxidase, a parasite-specific enzyme and a key component
for parasitic survival under macrophage oxidative stress, has been considered as a key drug target. By
performing deep molecular docking analysis with the crystal structure of PTR1 from L. major, a series
of N,N-disubstituted 3-aminomethyl quinolones was identified which might serve as a worthy starting
point for a suitable drug. SAR analysis of benzimidazole inhibitors against cysteine proteases cruzain
and rhodesain from T. brucei and T. cruzi, followed by detailed cheminformatic analysis was conducted
to find scaffold novelty and favorable physicochemical properties. Distinct endopeptidases like
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cathepsin-L-like CPB2.8 have emerged as exploitable drug targets in leishmaniasis. De Luca et al. (2018)
identified a group of substituted benzimidazole derivatives that displayed strong (nanomolar) affinity
for the protease from L. mexicana [96]. One of the compounds demonstrated a good bioavailability
profile with ADMET analysis, implying it is a good future drug candidate. Carbonic anhydrases (CAs)
have recently been identified from trypanosomatids. Cheminformatics analysis targeting this enzyme
identified N-nitrosulfonamides as prospective inhibitors for CA from Trypanosoma and Leishmania over
mammalian homologues. Being comparable with existing drugs in terms of EC50 and cytotoxicity,
these compounds might serve as interesting leads for drug development.

Using the ligand-based approach, aminophosphonates have been studied with QSAR
modelling [97]. The authors took the gathered data for the whole compound series to build
comparative molecular field analysis (CoMFA) models that suggested that several modifications
can enhance the anti-leishmanial potential of α–aminophosphonates. Similar approaches identified
1,2,3-triazole and thiosemicarbazone hybrids and tetrahydro-β carboline derivatives as candidate
anti-leishmanial drugs [98]. Novel quinazoline and arylimidamide derivatives have been identified
using 3D QSAR-based analysis against T. cruzi [99]. The structure-guided discovery of a compound
(compound 7) from the pyrazolopyrimidine series against a known protein kinase scaffold identified
Leishmania CDK12 as a strong candidate for drug discovery. Structural studies combined to resistance
mechanism analysis confirmed CDK12 as a specific target for the molecule [99]. With satisfactory
specificity as well as pharmacokinetic and toxicological properties, the compound has been declared a
preclinical candidate, suggesting cheminformatics can indeed boost systematic approaches to discover
new drugs against trypanosomatids [99].

5. Quiescence, a Double-Edged Sword in the Quest of New Trypanocidal Drugs

Dormancy or persister cell formation is an evolutionarily conserved adaptive mechanism for
stress tolerance for bacterial pathogens. Persister cell development is often associated with the
development of a subset of a population that is metabolically quiescent and hence cannot be intervened
by drug treatment [100]. Such an adaptation enables the parasite to survive under immunological
stress and drug exposure, reverting to normal proliferative mode once the stresses disappear. Such
conditions are well exemplified by the latent infection of Mycobacterium tuberculosis which can persist
for the entire lifespan in a metabolically dormant state [101]. Similar metabolic diversions from
proliferative to dormant state are observed in eukaryotic pathogens including fungal and parasitic
protozoan infections [102]. The hypnozoite liver stages of Plasmodium, often associated with relapse
of infection even years after successful therapeutic clearance, is one such persister-like stage for
Plasmodium vivax [103]. For trypanosomatids, semi-quiescence to quiescence have been detected for
intracellular forms of several species of Leishmania and in T. cruzi [102]. Persister formation is particularly
relevant clinically for Leishmania, as relapsing conditions like post-kala-azar dermal leishmaniasis
(PKDL) occurring several years after treatment for visceral leishmaniasis and leishmaniasis recidivans
occurring after the treatment of cutaneous leishmaniasis emerge from possible metabolically distinct
parasites that circumvent drug treatment due to dormancy without acquiring resistance by signature
genetic alterations [104]. Despite its clinical significance, there has been a lack of concerted effort to
study persister development in trypanosomatids due to technical constraints including the labelling of
quiescent cells to distinguish them from the normally proliferating population. In 2015, a detailed
identification and characterization of the semi-quiescent physiological state was reported in L. mexicana

intracellular amastigotes in infected BALB/c non-healing lesions with a prolific increase in doubling time
to ~12 days compared to ~4 days in ex-vivo macrophage infections [105]. The semi-quiescent metabolic
state was also characterized by low rates of transcription and protein turnover that is distinct from
stationary phase or metacyclic promastigotes, and is possibly a response to complex growth restriction
in the intracellular microenvironment in granulomas. They identified two distinct macrophage
populations, one with ~100 cells and the other with an average of ~400 intracellular amastigotes,
suggesting the existence of two distinct metabolic amastigote varieties. L. mexicana amastigotes are
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intrinsically more resistant to nitric oxide and build up large communal phagolysosomes, while
L. major infection is eventually controlled by an adaptive Th1 immune response requiring inducible
NOS (iNOS) [105]. Mandell et al. (2015) identified a definite fraction of amastigotes with barely
detectable replication in a C57BL/6J mouse model of cutaneous L. major infection. This population was
observed to harbor in less-infected macrophages and constituted almost 39% of amastigotes under the
persistent infection condition, while a second subset of amastigotes retained the ability to replicate
with a doubling time of around 60 h [106]. L. major lacking the Golgi GDP-mannose transporter
required for lipophosphoglycan synthesis encoded by LPG2 (lpg2-) persist in the absence of pathology,
and in mouse infections this knocked-out line attained a persister-like feature immediately after
infection [106]. L. braziliensis amastigotes (both axenic and intracellular) bear characteristic features
of quiescence, with a radical reduction of (i) the kDNA mini-circle abundance, (ii) the intracellular
ATP level, (iii) the ribosomal components, and (iv) total RNA and protein levels [107]. The untargeted
metabolomic profile revealed the significant depletion of amino acids, polyamines, and trypanothione,
with increases in ergosterol and cholesterol biosynthesis. Dormancy attains further relevance for
trypanosomatid infection, as regimens including short-term therapy of even 60 days for T. cruzi infection
is not related to resistance development, and the parasite possibly alleviates drug-mediated clearance
by adopting quiescence. In fact, in T. cruzi, non-proliferating amastigotes develop both in vitro and
in vivo models of infection. T. cruzi amastigotes regularly and spontaneously cease replication and
become non-responsive to effective trypanocidal drugs like benznidazole and nifurtimox [108]. One or
two such dormant parasites are detectable in each infected cell after treatment. Such dormant parasites
reinitiate proliferation after drug withdrawal. Exploring the intricacies of the alteration of physiological
status for intracellular amastigotes in infected tissues by proteomic or transcriptomic approaches is
impaired by the paucity of enrichment protocols. Each of these studies adopted various strategies to
characterize and label persister cells. One such strategy exploited 2H2O labelling for determining DNA,
RNA, protein, and membrane lipids. The in vitro deuterium labelling of deoxyribose could be achieved
for promastigotes by maintaining 5% 2H2O in medium, and for the in vivo labelling of amastigotes,
5% 2H2O in the body water was established by providing mice with a bolus of 100% 2H2O followed by
inclusion of 9% 2H2O in the drinking water for up to several months [105]. Differential labelling for
replicative and non-replicative amastigotes is achieved with CellTrace Violet or CellTracker Red. After
a brief pulse, the stain is either diluted out during cell division (for replicative form) or remains at
the initial pulse level (for non-replicating forms). This approach can be combined with a fluorescent
(tdTomato) or luciferase expression system to track viable parasites [108]. The incorporation of
thymidine analogues 5-ethynyl-2′-deoxyuridine and 5-bromo-2′-deoxyuridine has been implemented
to differentiate replicative and non-replicative cells in Leishmania spp. and T. cruzi [108,109]. Each of
these approaches has been effective in tracing persister cells. Active translation or ribosomal action
utilizes 70% of the total ATP generated in a viable cell, and in quiescent cells translational activity is
highly compromised, with a concomitant decrease in the number of active ribosomes (~5-fold reduction
in dormant compared to normal metabolic state). Hence, the reduced transcription of rDNA loci serves
as a marker for quiescence and rDNA loci are part of a rare genomic landscape in trypanosomatids,
which is regulated by a definite transcription factor [110]. In this context, the expression of the GFP gene
under the 18S ribosomal DNA locus has been implemented as a biosensor for quiescence in laboratory
and clinical strains of L. braziliensis and L. mexicana, and reduction of GFP expression was compatible
with BrdU uptake analysis in vitro. With this approach, a superior FACS quantitative approach for
persisters could be devised for recording quiescence development in mice (BALB/c) or hamsters (LVG
Golden Syrian Hamster) models [109]. The study provided a clearer idea about metabolic diversity
in amastigotes with the coexistence of shallow and deep quiescent stages. Quiescence is crucial for
subclinical infections with its potential role in drug tolerance, and quiescent cells serve as reservoirs
for transmission and elicit a protective response against subsequent infections in trypanosomatids,
which warrants additional exploration [106]. The development of novel assay methods combined with
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identification of strategies to combat dormancy or exploit it in developing immunization strategies
might expedite the success of elimination programs against trypanosomatid parasites.

6. Cytology-Driven MoA Profiling

In the last few years, we have witnessed an increase in the number of scientific reports on new
potential drug candidates to treat leishmaniases and trypanosomiases. However, the vast majority lack
insights or detailed mechanism of action evidence supporting further drug development and clinical
trials. In this scenario, cell-based assays offer the contextualized relevance and complexity of living cells
to track drug discovery approaches, especially when considering unicellular parasites. Kinetoplastids
are classified in this category due to the presence of a kinetoplast—a dense structure made by DNA
(kDNA) within their unique mitochondria. Therefore, mitochondrial function monitoring can be
applied in order to provide hints on the MoA of drug candidates in the drug discovery pipeline.
Cellular bioenergetics analysis based on extracellular flux can phenotypically characterize mitochondrial
function and define the energetic status of aerobic and glycolytic metabolism, defining a range from
quiescent to energetic profiling [111,112]. This approach was used to monitor oxygen consumption
(mitochondrial respiration) vs. medium acidification rate (glycolysis) in L. infantum to metabolically
characterize SbR mutants and evaluate the oxidative role of gold(I) complexes as metallodrug candidates
to treat leishmaniasis [44]. This approach was also considered using host cells experimentally infected
with T. cruzi intracellular amastigotes, monitoring not only the parasite’s metabolism, but mimicking
the natural conditions considering the context of endogenous conditions of infected cells [113].
These assays were performed on a Seahorse Extracellular Flux Analyzer, XF series (Agilent), and
were initially used to monitor basal mitochondrial metabolism in T. cruzi, which is useful for drug
screening purposes [114–117]. Microscopic imaging using cell-permeant mitochondrion-selective
dyes such as MitoTracker or cell permeant acidotropic fluorophores like LysoTracker can be used to
highlight ultrastructural alterations in essential organelles to make inferences about drug action and
target elucidation by functional approaches [118]. These dyes can be used in high-content analysis
approaches that have been shown as an alternative to monitor not only anti-parasitic drug action but
also concomitant host toxicity analysis in the same assay for drug screening purposes [119]. Despite
the above-mentioned fluorescent gene reporters, kDNA can be labelled to monitor cell replication
for indirect drug activity measurement. The terminal deoxynucleotidyl transferase dUTP nick end
labelling (TUNEL) technique allows the specific tagging of blunt DNA ends—a common feature in
programmed cell death in mammalian cells. Conventional programmed cell death is not biochemically
the same in trypanosomatids, and TUNEL signals are undetectable in trypanosome nuclei (genomic
DNA). However, 25% of control (wild type, untreated) cells were reported to have TUNEL-positive
kDNA. Treatments with eflornithine, nifurtimox, or melarsoprol did not change TUNEL signal, but
pentamidine or suramin exposition reduced it, as an evidence of loss of kDNA following the latter
treatments in a cell-cycle-dependent manner [120,121]. Trypanosomatids present closed mitosis
(chromosomal condensation and segregation is maintained inside the nucleus during division),
and the segregation of their single mitochondrial genome (kinetoplast) can be easily monitored by
fluorescent microscopy during cell division in the presence of 4’,6’-diamidino-2-phenylindole (DAPI, a
DNA-intercalating dye. This feature can be tracked under drug treatment to make inferences about
mitosis or cytokinesis impairment. For example, non-treated T. brucei presented ~80% of cells with
1 nucleus and 1 kDNA pattern (1n1k), equivalent to G1 and S phase; ~15% were 1n2k (primarily
G2 phase) and 5% were 2n2k (post mitosis). Suramin treatment switched profiling and 79% of the
cells accumulated in >2n, indicating the blocking of cytokinesis in T. brucei [121]. A similar approach
can be afforded using propidium iodide followed by flow cytometry analysis. Melarsoprol-treated
T. brucei led to the accumulation of G2/M phase from 51% to 83%, indicating increasing replication
but unsegregated nuclear genome, as an evidence of mitosis inhibition [121]. Genomic plasticity is
a key factor in trypanosomatids, and plays an important role that must be taken into account when
developing or testing new anti-trypanosomal drugs. In this context, DNA repair mechanisms are
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always being recruited, especially under stressful microenvironments like drug pressure. The enzyme
uracil DNA glycosylase (UNG) participates in the DNA base excision repair (BER) pathway, and was
found upregulated in L. donovani exposed to amphotericin B or sodium antimony gluconate. Curiously,
drug-resistant clinical isolates of L. donovani from VL patients presented higher UNG expression [122].
suggesting that LdUNG plays a key role in BER, conferring moderate resistance to oxidants; this opens
new avenues as a potential target for combination therapy against leishmaniasis. The adoption of
drug discovery strategies against trypanosomatids must consider drug-resistance studies and the
evolutionary role of DNA repair in this context. Antibodies can be used to track specific markers of
DNA damage in eukaryotes such as the phosphorylation of threonine 130 at the C terminus of histone
γH2A in T. brucei, which is associated with a delay in S and G2 phases of the cell cycle [123].

7. Genome-Wide Approaches in Target and Resistance (Resistomics)

Functional genomics approaches are useful for identifying or validating a given drug target. This
relies on strategies or tools that can be combined together with studies on drug resistance mechanisms
to find clues for drug discovery. For example, the in vitro selection of drug-resistant parasites, followed
by whole-genome or transcriptomic sequencing could unveil targets or signatures associated with
the drug used for resistance selection. This was the case of compound 7, DDD853651/GSK3186899,
selected from a chemical series of pyrazolopyrimidine scaffolds, active against T. brucei and used to
select resistant L. donovani mutants as a strategy to understand the MoA and to prospect potential
pathways or drug targets [99]. Whole-genome sequencing of these drug-resistant parasites revealed a
single homozygous non-synonymous mutation in CRK12 (cyclin-dependent kinase 12 or cdc-2-related
kinase 12), leading to a Gly 572 to Asp in the predicted catalytic domain of the enzyme, impairing
electrostatic interactions and causing resistance to the pyrazolopyrimidine [99]. In this case, the
resistance mechanism identification was useful to pinpoint the drug target involved in drug action.
Among trypanosomatids, T. cruzi and Leishmania species (the latter belonging to the L. (Leishmania)

subgenus) lack one or more components of the RNA interference (RNAi) machinery. However,
knockdown by RNAi manipulations can be performed in T. brucei and L. (Viannia) subgenus spp.,
a very useful functional genomic tool to validate and identify new drug targets [124]. Inspired by
these biological features, Alsford et al. (2011) described a new technique called RIT-Seq (RNAi target
sequencing), where T. brucei were transfected with a library of interfering RNAs able to silence >99%
of the mRNA in the parasite. This was followed by culturing in the presence of drug pressure in
which the recovered parasites had their enriched plasmids sequenced [125]. This functional cloning
technique allowed a genome-scale knockdown profiling in which the decrease of a given gene product
is selected as a phenotypical marker for surviving under a stressful condition. In this way, the
mechanisms underlying selective drug action and resistance can be screened in a high-throughput
genome-scale RNAi panel [126]. A phenotyping genome-scale RNAi screen revealed, for example,
the involvement of aquaglyceroporin 2 (AQP2) in melarsoprol and pentamidine susceptibility in
African trypanosomes [127,128]. Melarsoprol is an arsenic-based drug, and similar to antimony-based
compounds against Leishmania parasites, is taken up through aquaglyceroporin 1, which was associated
with antimony resistance by using a dominant negative functional cloning strategy using a cosmid
library [129]. Cosmid libraries can also be applied to select gain-of-function genes associated with a
given phenotype, where the screening is based on overexpressing libraries. This approach was used
to confirm previous and pinpoint new drug resistance markers in Leishmania parasites—a technique
called Cos-seq or cosmid-based functional screening coupled to next-generation sequencing [130,131].
The most recent brother of the X-Seq family is a technique called Mut-Seq, or chemical mutagenesis
coupled to next-generation sequencing. In this case, “Darwinian hands play dice” leading to stochastic
mutations that could be kept when important for parasite survival under stressful pressure. This was
elegantly applied to study miltefosine and paromomycin resistance mechanisms in Leishmania parasites.
After using Mut-Seq to identify new targets and validate the essential role of kinase CDPK1 on
paromomycin resistance in Leishmania using CRISPR-Cas9, Bhattacharya et al. (2019) suggested that
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Mut-Seq screening is powerful tool to explore networks of drug resistance since CDPK1 was also
involved in antimony resistance in the parasite [132]. Genome-wide approaches are very useful for
capturing the main picture, and thus for choosing the most prominent biochemical pathway involved
in drug action/resistance. This is also true when applying the revolutionary technique of genome
editing: Clustered Regularly Interspaced Short Palindromic Repeats (CRISPR), CRISPR-associated
gene 9 (Cas9)—CRISPR-Cas9. Beneke et al. (2017) developed a CRISPR-Cas9-based toolkit for the
high-throughput genome editing of kinetoplastids that was further validated in single or multiple
targets [133–135]. We are however currently revisiting concepts and moving from genome-wide
approaches in parasite populations (or clones) to single-cell-based strategies to better understand the
plasticity of Leishmania parasites that harbor mosaic aneuploidy—a feature that has impairments in the
way the parasite will respond or not to a given drug. Using a single-cell genomic sequencing method,
Negreira et al. (2020) identified 128 different karyotypes in 1560 L. donovani promastigotes [136]. They
highlight the fact that some karyotypes presented pre-existing adaptations to antimony-based drugs,
supporting a hypothesis raised even before this hint [137,138]. This reveals how complex it is to predict
or open new avenues on MoA studies in trypanosomatids, and reinforces the evolutionary adaptions
that guaranteed the establishment of trypanosomatids since the early Cretaceous [139]. Finally, and
despite recent advances in genomic methods, there is still a relative paucity of functional annotations
for a large number of gene products for trypanosomes, especially when compared to mammalian
systems. In fact, this could explain why target-based methods lag behind phenotypic approaches in
drug development for these parasites.

8. Metabolomics in Drug Screening

Like in a crime scene, studying the past is also a feasible alternative to tracking drug action
and target identification. Metabolomics refers to the measurement of small metabolite molecules
to investigate metabolic pathways, here in the context of drug discovery or target identification.
Metabolite profiles are useful fingerprints offering clues on therapeutics targets in trypanosomatids,
and can also be performed in the host to select signatures or markers associated with the dynamics of
host–parasite interaction [140–145]. Metabolomics can also be applied to the rational development
of defined minimal culture medium for in vitro drug screening purposes against trypanosomatids.
In this regard, untargeted semi-quantitative or targeted quantitative metabolomics was used to
decipher the major nutritional requirements of T. brucei and define all needs, removing unnecessary
nutrients and improving drug sensitivity in activity studies [146]. Drug MoA can also be indirectly
investigated through metabolomics, even without clear evidence on parasite alterations. Benznidazole
is a 2-nitroimidazole prodrug that needs to be reduced in order to exert anti-trypanosomal activity
against T. cruzi. Although benznidazole-treated parasites were minimally altered compared to untreated
counterparts, metabolites concerning benznidazole linked to thiols such as trypanothione, glutathione,
and cysteine indicates the thiol binding capacity of benznidazole on acting by disturbing redox
homeostasis, leading to parasite death [147]. The cell redox system has also classically been related
to antimony and resistance in Leishmania parasites. Combining untargeted metabolomics for initial
screening coupled to 13C traceability assays, Rojo et al. (2015) confirmed and compiled multi-target
metabolic alterations not only in redox, but also in detoxification, biosynthetic processes and amino
acid metabolism in L. infantum. Antimony-resistant parasites presented incremented proline and
glutamate, supporting previous reports on high levels of glycolytic markers in resistant Leishmania as
revealed by proteomics [148,149]. In summary, metabolomics approaches helped to identify MoA or
resistance of several anti-trypanosomal drugs such as eflornithine or halogenated pyrimidines against
T. brucei; miltefosine and antimony against Leishmania parasites [150]. Drug targets can also be mined
in trypanosomatids by metabolomics pathway analysis using in silico approaches, as a predictive way
based on pathway annotation and searching for analogous or specific enzymes [151].
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9. Theranostic Approaches

The term theranostic, derived from the fusion of the words therapeutic and diagnostic, is
here used to define strategies designed for diagnostic purposes that also act as therapeutic agents.
Dual-function molecules or smart probes can be adapted for both parasite detection/identification and
anti-trypanosomatid activity. This combination of diagnosis and therapeutics is still a growing field
and there are very few studies on trypanosomatids. A group headed by professors Eduardo Coelho
and Luiz Ricardo Goulart in Brazil proposed the use of phage display—a high-throughput proteomic
technology to generate and screen peptides and antibodies—for the serodiagnosis and prevention of
leishmaniasis as a theranostic approach [152]. Using this approach, the team identified a β-tubulin from
L. infantum that was highly antigenic and immunogenic, presenting good performance on diagnostic
efficacy and eliciting Th1 response in vitro with high IFN-γ and low IL-10 levels [153]. Recently, Singh
et al. (2019) reviewed the literature on nanomedicine-based approaches to circumvent leishmaniasis
and concluded that much progress was made in the field reaching considerable milestones on VL
nanomedicine, but translational research is needed for the coming decade for developing effective
theranostic solutions [154]. Thus, many current alternatives such as liposomes, nanoemulsions,
niosomes, nanodiscs, solid lipids nanoparticles, quantum dots, nanotubes, polymer conjugates, and
inorganic compounds could be applied to clinical settings.

10. Case Study: Proteasomal Inhibitors against Leishmania

Proteasome targeted inhibitor developments by Khare et al. (2016) and Wyllie et al. (2018) are
among the few major break-throughs in the quest of safe, easily deliverable, and selective drugs
against trypanosomatids in recent times [155,156]. Both studies targeted the identification of a common
target for intervention for Leishmania spp., T. cruzi, and T. brucei spp. Khare et al. began their screen
with a library of 3 million compounds against the three pathogens, and identified an azabenzoxazole
(GNF5343) that was effective against the three [155]. A number of substitutions leading to a less-toxic
version GNF6702 further optimized the compound. In mouse model of VL and CL, with oral delivery
of 10 mg kg−1 for eight days, GNF6702 caused significant amelioration of liver parasitic burden.
Similarly, it displayed prolific attenuation of parasite load in mouse models of Chagas disease and
HAT. For leishmaniasis, Chagas disease, and HAT, the activities are comparable to the approved drugs
miltefosine, benznidazole, and diminazene aceturate, respectively. In fact, for HAT it performed better
than the in-use diminazene aceturate in terms of diminishing parasitic infection in brain. The primary
mechanism of parasite growth inhibition by the compound series was the selective inhibition of the
proteasome chymotrypsin-like activity. For analyzing resistance against the drug, they raised mutants
against an early version of the drug, which showed 40-fold lower susceptibility to the drug. The
phenotype was attributed to a homozygous mutation in the proteasome β4 subunit (PSMB4I29M/I29M)
and a heterozygous mutation (PSMB4wt/F24L). These mutations led to reduced susceptibility to
inhibition by the drug. Interestingly, the chymotrypsic catalytic center is hosted by a β5 subunit and a
β4 subunit in close contact with a β5 subunit forming a plausible binding pocket for the drug. The
study suggested proteasomal subunits as a selective target for the development of a common chemical
scaffold against trypanosomatids. In concordance, an independent screen by Wylie et al. identified
and studied a second candidate GSK3494245/DDD01305143/compound 8 [156]. The precursor of the
compound was developed by scaffold hopping and substitutions from a basic component identified by
a phenotypic screen of around 16,000 molecules against T. cruzi, and demonstrated efficacy against
intra-macrophage amastigotes of L. donovani. The compound showed good in vitro metabolic stability
(CLint = 0.8 mL min-1 g-1) and selectivity over mammalian cells. They further addressed the compound
in terms of duration of treatment by rate-of-kill assay that showed that induction of cell death is
achievable within 72 h at nanomolar concentration range. Pharmacokinetic profiling for bioavailability
and distribution revealed that it can be orally dosed to reach efficacious levels in a range of preclinical
species, including mouse, rat, and dog. Moreover, virtually no significant safety or tolerability liabilities
were detected by Ames test and in mouse lymphoma cells. For identifying the mechanism of action
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for the drug, the authors preliminarily adopted RIT-seq technology [125]. The study suggested that
knock-down of nonessential genes of ubiquitination pathway rendered reduced sensitivity to the drug,
pinpointing proteasome as the possible point of intervention for the drug. The generation of resistant
mutants led to the identification of independent mutations in the β5 subunit (G197C and G197S). The
mutants were cross-resistant to GNF6702. Both mutations affected proteasomal activity, as determined
in vitro by UbiQ-018 label (a fluorescent label for proteasomal subunits), and the mutations resulted in
insensitivity to GSK3494245 (compound 8). The proteasomal inhibitors caused cytological changes
in Leishmania promastigotes with accumulation of vesicular structures and induced cell cycle arrest
in G2/M phase. CryoEM of L. tarentolae proteasome in combination with compound 8 identified a
number of residues from β4 and β5 subunits. Additionally, the selectivity of the drug for kinetoplastid
proteasome over human proteasome could be attributed to a lack of hydrophobic interaction, as
F24 in L. tarentolae corresponds to S23 in human and π-stacking interaction. Both works identified
a suitable target for developing a common anti-trypanosomatid drug development and developed
human-trial-ready molecules that precisely target chymotrypsin-like protease action of kinetoplastid
proteasome without affecting the human orthologues.

11. Perspectives and Concluding Remarks

At present, drugs for treating trypanosomatid diseases are far from ideal due to host toxicity,
elevated cost, limited access, and increasing rates of drug resistance. Therefore, new oral, safe,
short-course drugs are urgently needed. Moreover, these new drugs have to be safe and effective
enough to treat patients who are asymptomatic, as well as patients who develop secondary conditions
such as post-kala-azar dermal leishmaniasis [14].

In the vast majority of cases, trypanocidal agents are out of the scope of interest of the
pharmaceutical industry, mainly because it is unclear how to make a profit by selling them. This situation
is also becoming more frequent in the case of the discovery and development of antibiotics [157]. For
this reason, drug-discovery research of novel trypanocidal compounds has been traditionally fueled
by non-profit and governmental organizations. However, in the last decade, some pharmaceutical
companies have become more engaged and have joined forces with academia as well as governmental
and non-profit organizations to tackle NTDs. This is the case of The Drugs for Neglected Diseases
initiative (DNDi), a nonprofit research and development organization founded by Médecins sans
Frontières (MSF), among other public–private partners, which has campaigned for change since 2004
to raise awareness of the trypanosomatids crisis among key policy- and decision-makers [158]. DNDi

performs high-throughput untargeted screenings of novel-drugs libraries for trypanosomatids in
addition to identifying new drug candidates using targeted compounds from repurposing libraries.
Since its creation, DNDi has already provided seven treatments: ASAQ and ASMQ (two fixed-dose
antimalarials), nifurtimox-eflornithine combination therapy for late-stage sleeping sickness, sodium
stibogluconate and paromomycin (SSG+PM) combination therapy for VL in Africa, a set of combination
therapies for VL in Asia, and a pediatric dosage form of benznidazole for Chagas disease. While
combination therapies will improve the efficacy of the treatment and reduce the emergence of
drug-resistant strains, currently we do not have enough effective molecules to guarantee durable
therapeutic strategies. Consequently, more efforts should be deployed to discover and exploit novel
families of trypanocidal drugs (with different modes of action), which could be rapidly integrated in
combinatory treatments, or kept as drugs of last resort when current combinations fail.

An important bottleneck in the discovery and development of new trypanocidal drugs is the lack
of well-validated molecular targets, which has traditionally hindered the use of classic target-based
approaches (usually applied to the discovery of antibiotics) in the drug-discovery cascade. While it is
true that this has fostered the development and implementation of sophisticated phenotypic in vitro
assays, these assays encompass major challenges specific to each parasite (e.g., drugs must be active in
the phagolysosome milieu when treating patients infected with Leishmania, drugs for HAT have to cross
the blood–brain barrier, etc.). Moreover, once a hit has been identified in a phenotypic screen, different
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approaches (e.g., genomics and proteomics) should be deployed to identify the specific target(s),
mode-of-action of the compound, and to predict any potential mechanism of drug resistance deployed
by the parasite. This information is crucial to guarantee a rational and successful optimization of the
hit, and serves to develop novel target-based drug discovery cascades.

Another major challenge in drug discovery for trypanosomatids is the lack of well-defined
standards/criteria (e.g., strain, culture media, incubation times, etc.) for the selection and validation of
hit compounds, which sometimes leads to opposing results between different research teams. Among
these criteria, one of the critical ones is the selection of the most relevant animal model that is able to
mimic the pathophysiological features and immunological responses observed in human hosts (e.g.,
BALB/c mice vs. Syrian golden hamsters as models for L. donovani and L. infantum; acute vs. chronic
models for Chagas disease, etc.).

Moreover, in order to guarantee the success of drug discovery/repositioning in the fight against
trypanosomatids, we have to generate high-quality data in many endemic countries (including field
strains, drug-resistant strains, etc.), and to do so, we have to effectively increase the engagement of
endemic countries in the R&D process [159].

New powerful and robust in vitro, in vivo, and in silico technologies have emerged in the last ten
years. Moreover, we now have a more refined knowledge of the biology of these parasites, as well
as the unprecedented ability to surgically manipulate trypanosomatids genome. The optimal use of
these tools and knowledge will undoubtedly accelerate current drug discovery cascades, leading to the
delivery of satisfactory treatment options for neglected patients with trypanosomatid infections.
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Abstract: Current therapy for visceral leishmaniasis (VL), compromised by drug resistance, toxicity,
and high cost, demands for more effective, safer, and low-cost drugs. Artemisinin has been found to
be an effectual drug alternative in experimental models of leishmaniasis. Comparative genome and
transcriptome analysis of in vitro-adapted artesunate-resistant (K133AS-R) and -sensitive wild-type
(K133WT) Leishmania donovani parasites was carried out using next-generation sequencing and
single-color DNA microarray technology, respectively, to identify genes and interlinked pathways
contributing to drug resistance. Whole-genome sequence analysis of K133WT vs. K133AS-R parasites
revealed substantial variation among the two and identified 240 single nucleotide polymorphisms
(SNPs), 237 insertion deletions (InDels), 616 copy number variations (CNVs) (377 deletions and
239 duplications), and trisomy of chromosome 12 in K133AS-R parasites. Transcriptome analysis
revealed differential expression of 208 genes (fold change ≥ 2) in K133AS-R parasites. Functional
categorization and analysis of modulated genes of interlinked pathways pointed out plausible
adaptations in K133AS-R parasites, such as (i) a dependency on lipid and amino acid metabolism for
generating energy, (ii) reduced DNA and protein synthesis leading to parasites in the quiescence state,
and (iii) active drug efflux. The upregulated expression of cathepsin-L like protease, amastin-like
surface protein, and amino acid transporter and downregulated expression of the gene encoding
ABCG2, pteridine receptor, adenylatecyclase-type receptor, phosphoaceylglucosamine mutase, and
certain hypothetical proteins are concordant with genomic alterations suggesting their potential
role in drug resistance. The study provided an understanding of the molecular basis linked to
artemisinin resistance in Leishmania parasites, which may be advantageous for safeguarding this drug
for future use.

Keywords: Leishmania donovani; whole-genome sequencing (WGS); transcriptome; artemisinin
drug resistance

1. Introduction

Leishmaniasis is a major public health problem affecting the poor population of the world, mainly
in the developing countries. The disease is endemic in 97 countries with 70,0000 to one million new
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cases per year [1,2]. Visceral leishmaniasis (VL), caused by the protozoan Leishmania donovani, is the
most severe type, with frequent outbreaks and a greater mortality potential. In 2018, more than 95% of
new cases reported to World Health Organization (WHO) occurred in 10 countries, including India [1,3].
Due to the lack of a vaccine and effective vector control, management of VL relies exclusively on a
handful of chemotherapeutic agents, but most of the therapeutics, including pentavalent antimonials,
miltefosine, and liposomal amphotericin B, are associated with serious drawbacks, such as being toxic
and expensive, with a declining efficacy pertaining to an increase in the occurrence of resistance [4–6].
Therefore, there is a need to explore new safe, effective, and affordable treatment options for VL.

The antimalarial drug artemisinin and its derivatives have been found to also be effective against
non-malarial parasites, such as Leishmania. There are several in vitro and in vivo studies demonstrating
the antileishmanial activity of artemisinin and its derivatives with a high safety index [7–9]. As far as
the mechanism of action is concerned, artemisinin and its derivatives have been reported to cause
programmed cell death in Leishmania promastigotes by a loss of mitochondrial membrane potential,
enabling externalization of phosphatidylserine, DNA fragmentation, and cell cycle arrest at the
sub-G0/G1 phase [10]. The drug also works by the restoration of normal nitric oxide (NO) production
by infected macrophages, initially impaired due to infection with Leishmania parasites [11–13]. Further,
studies in mice suggest that administration of artemisinin results in the generation of iron-artemisinin
adducts, which causes clearance of intracellular amastigotes [14]. However, antileishmanial activities
and the possible mechanism of resistance to artemisinin in Leishmania parasites have been poorly
explored. An understanding of the mechanisms of drug resistance in Leishmania is vital to protect
existing drugs and for the development of new ones [15]. Drug-resistant parasites apply various
strategies in order to survive under drug pressure, such as reduced drug uptake, active drug efflux,
alteration of the drug targets, inactivation of drugs, etc. [16–22]. Various transcriptomic studies of
drug-sensitive vs. -resistant parasites revealed that a number of genes have altered expression in
drug-resistant parasites. Our group has previously shown by microarray analysis that approximately
3.9% and 2.9% of the total Leishmania genome representing various functional categories, such as
metabolic pathways, transporters and cellular components among others, were differentially modulated
(>2 fold) in experimentally selected miltefosine- and paromomycin-resistant lines, respectively [23,24].

Whole-genome sequence (WGS) analysis is another important tool used to detect mechanisms
of drug resistance in Leishmania. It was earlier reported that in the absence of transcriptional control,
Leishmania parasites have evolved mechanisms to alter mRNA levels by increased gene dosage
through gene amplification, gene deletion, and aneuploidy in order to adapt to stress conditions,
such as drug pressure [25–28]. The genome sequence of Leishmania field isolates from the Indian
sub-continent revealed gene copy number variation (CNV) to be associated with susceptibility to
sodium stibogluconate (SSG) [29]. Similarly, aneuploidy has been observed in the context of antimony,
methotrexate, and nelfinavir resistance; however, the link between aneuploidy and drug resistance was
circumstantial [25,26,30–32]. Additionally, single-nucleotide polymorphisms (SNPs) in drug targets
or key enzymes constitute another strategy to survive under drug pressure. The acquisition of an
inactivation mutation in the L. donovani miltefosine transporter gene (LdMT) and/or its β-subunit
(LdRos3) was reported to increase miltefosine resistance in both in vitro and in vivo studies as well as
in clinical isolates [33–38].

Artemisinin resistance in malaria is associated with SNPs on chromosome 10, 13, and 14, and
non-synonymous SNPs in the propeller domain of a kelch gene located on chromosome 13 [39,40].
Analysis of the transcriptome of Plasmodium falciparum isolates revealed a higher expression of
unfolded protein response (UPR) in artemisinin resistance. Previously, we explored the mechanism of
artesunate (a derivative of artemisinin) resistance in Leishmania parasites and showed that artesunate
resistance in Leishmania is associated with parasite virulence, host immune modulation, and unfolded
protein responses [41]. In the present study, the genome and transcriptome of artesunate-sensitive vs.
-resistant Leishmania parasites were analyzed using next-generation sequencing (NGS) and single-color
DNA microarray technology, respectively. Analysis of the genome structure and modulated gene
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expression identified several genes/pathways, which were further validated for their role in the
selection of artesunate resistance in Leishmania. Expression analysis of Heat shock protein 70 (Hsp70)
and Aquaglyceroporin 1 (AQP1) was validated in K133WT and K133AS-R cell lysate. In view of
the important roles of ATP-binding cassette protein (ABC) transporters and the AQP1 gene in drug
resistance in Leishmania, their roles were explored in artesunate resistance using respective inhibitors.
Based on the analyses, a model was predicted for artesunate resistance in Leishmania.

2. Materials and Methods

2.1. Parasite and Culture Condition

L. donovani field isolate (K133WT), earlier derived from bone marrow aspirates of a VL patient and
cryopreserved in a lab, was revived and propagated in medium M199 (Sigma-Aldrich, St. Louis, MO,
USA) supplemented with 10% heat-inactivated fetal bovine serum (HI FBS, Gibco, Waltham, MA, USA),
100 IU/mL penicillin G, and 100 mg/mL streptomycin at 26 ◦C. The isolate was exposed to increasing
concentrations (up to 50 µM) of artesunate drug (Sigma Aldrich, St. Louis, MO, USA) to obtain
experimental artesunate-resistant parasites, which were designated as K133AS-R. The susceptibility
of K133WT and K133AS-R parasites towards artesunate was determined, which showed that there
was a 3.73-fold increase in the mean IC50 (50% inhibitory concentration) of K133AS-R parasites at the
promastigote stage, with a value of 78.63 ± 9.17 µM vs. 21.08 ± 3.15 µM, and a >3-fold increase in the
mean IC50 at the amastigote stage, with a value 73.09 ± 1.14 µM vs. 21.62 ± 3.24 µM for K133AS-R vs.
K133WT isolates. This was reported in our previous study [41].

2.2. Genomic DNA Isolation from Parasite Culture

Genomic DNA (gDNA) from K133WT and K133AS-R promastigotes was isolated using a Wizard
Genomic DNA purification kit (Promega, Madison, WI, USA) following the manufacturer’s instructions.
Quantification of the DNA was performed by optical density measurements in a Nanodrop and
QubitFlex® 2.0 Fluorometer (Thermo Fisher Scientific, Waltham, MA, USA). The quality of the gDNA
was checked on 1% agarose gel for the single intact band.

2.3. Genomic Library Preparation and Sequencing

Preparation of paired-end (PE) sequencing libraries of K133WT and K133AS-R was initiated
with 200 ng of genomic DNA using a Truseq Nano DNA Library preparation kit (Illumina, Inc.,
SanDiego, CA, USA). The generated library was examined in a Bioanalyzer 2100 (Agilent Technologies,
Santa Clara, CA, USA) using a high-sensitivity (HS) DNA chip and sequenced using the Illumina
Hiseq 2000 platform according to the manufacturer’s standard cluster generation and sequencing
protocol [42]. Briefly, the mechanical shearing of gDNA by a Covaris instrument (Woburn, MA, USA)
was done to generate fragments of 250–350 bp, after which fragmented ends were repaired and tailed
with A at 3′. Thereafter, adapters were ligated, which was necessary for binding dual-barcoded
libraries to the flow cell for sequencing. Finally, 314–355-bp libraries were generated and high-fidelity
PCR amplification was done using HiFi PCR master reaction component mix to ensure maximum
yield from limited amounts of starting material for sequencing on an Illumina Hiseq 2000 platform
(Illumina Inc., San Diego, CA, USA) (2 × 150 bp chemistry). Whole-genome sequencing resulted in
the generation of approximately 4 GB data per sample. The sequences of L. donovani K133WT and
K133AS-R are available with NCBI GenBank as a BioProject with SRA accession no. PRJNA657979.

2.4. Whole-Genome Sequencing Data Analysis

Genomic data analysis was executed with minor modifications as described previously by Dumetz
et al. 2017 [43]. The paired-end (PE) raw reads obtained from the sequencer were checked for the
quality of the reads using FastQCv0.11.8 (Babraham Institute, Cambridge, UK) and were further
trimmed to improve the quality of the reads using the Trimmomatic tool v0.38 (Usadellab. org, RWTH
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Aachen University, Germany) [44]. The L. donovani strain LdBPK282A1 reference genome was indexed
and high-quality pair-end reads were mapped using Burrows-Wheeler Aligner (BWA-MEM v0.7.5a
algorithm, Broad Institute, Cambridge, MA, USA) [45]. The generated SAM file was converted into
BAM format and duplicates were removed using Picard toolkit v1.119 (Broad Institute, Cambridge,
MA, USA). Further, the BAM file was used for identifying SNPs and InDels using GATK Haplotype
caller v3.4 (Broad Institute, Cambridge, MA, USA). Filtering of SNPs and InDels was performed using
Bcf tools v0.1.18 (Sanger Institute, Cambridge shire, UK) from subdirectory of SAM tools (mapping
quality cut off 25 and read depth of 15) and the variants were annotated with the SnpEff v4.3 tool
(McGill University, Montreal, QC, Canada) [46,47].

Estimation of CNV along with chromosomal somy was done in accordance with the protocol
designed by Downing et al. 2011 [29]. CNV estimation was done using CNVnator (https://github.com/
abyzovlab/CNVnator) [48], and for somy assessment, the median read depth of each chromosome (di)
was computed first followed by median depth estimation of 36 complete chromosomes (dm). The somy
state of an individual chromosome is determined as the ratio of (di/dm) and the chromosome ploidy
value is specified as 2 × (di/dm), considered often for diploid species [38]. The full cell-normalized
chromosome somy (S)-value: S < 1.5, 1.5 < S < 2.5, and 2.5 < S < 3.5, was assigned to monosomy,
disomy, and trisomy, respectively [43].

2.5. Functional Annotation and Classification of Unigenes

To identify all the unigenes present in K133WT and K133AS-R, a homology search was performed
against the NCBI non redundant (NR) protein database in accordance with BLASTx program (NCBI,
Bethesda, MD, USA) using a cutoff E-value of 10−05 and the maximal aligned results with the lowest
E-value were chosen to annotate the unigenes [49,50]. The Gene Ontology (GO)-based annotation of
the unigenes was carried out using Blast2GO version 3.0 (Biobam, Valencia, Spain) and Web Gene
Ontology Annotation Plot (WEGO) was utilized to designate GO classification on the basis of the
distribution of gene functions in different species [51–54]. The basis of the functional classification
considered was biological processes, cellular components, and molecular functions.

2.6. Total RNA Isolation from Parasites

Early log-phase promastigotes (1 × 108) of both K133WT and K133AS-R were used to isolate total
RNA using TRIzol reagent according to the manufacturer’s instruction. Extracted RNA was cleaned
up using a RNeasy Plus mini kit (Qiagen, Hilden, Germany). The absorbance of purified RNA was
taken at 260 and 280 nm using a Nanodrop Spectrophotometer (Thermo Fisher Scientific, Waltham,
MA, USA). The quality and integrity of RNA were assessed on an RNA 6000 Nano Assay Chips on
Bioanalyzer 2100 (Agilent Technologies, Santa Clara, CA, USA). RNA of good quality based on the
260/280 values (Nanodrop, Thermo Scientific, Waltham, MA, USA), rRNA 28S/18S ratios, and RNA
integrity number (RIN) was used for further analysis [24].

2.7. Oligonucleotide Array

Global mRNA expression profiling of K133WT and K133AS-R L. donovani was carried out
usingsingle color microarray-based gene expression profiling. A high-density Leishmania multispecies
60-mer oligonucleotide array slide [8 × 15 K format] was used for the microarray experiment. The slide
represented the entire genome of L. infantum and L. major. The microarray chip printed by Agilent
Technologies (Santa Clara, CA, USA), contained a total of 9233 Leishmania-specific genes, including 540
control probes as described earlier [24,55,56].

2.8. RNA Labelling, Amplification, Hybridization, and Data Analysis

First, 200 ng of total RNA were converted to cDNA using oligodT primer tagged to T7 polymerase
promoter at 40 ◦C. cDNA thus obtained was converted to cRNA using T7 RNA polymerase enzyme.
The dye Cy3 was also incorporated during this step. Labeled cRNA was then cleaned using Qiagen
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RNeasy Mini kit columns (Qiagen, Cat No: 74106, Hilden, Germany) and quality assessment was
carried out using the Nanodrop ND-1000. Following this, Cy3-labeled cRNA was fragmented
at 60 ◦C. Fragmented cRNA was hybridized on the array (AMADID: 027511) using the Gene
Expression Hybridization kit (Agilent Technologies, Santa Clara, CA, USA) at 65 ◦C for 16 h in
Sure hybridization Chambers. Hybridized slides were washed using Agilent Gene Expression wash
buffers (Agilent Technologies, Santa Clara, CA, USA) and scanned on an Agilent Microarray Scanner
(Agilent Technologies, Part Number G2600D). Images thus obtained were quantified using Agilent’s
Feature Extraction Software Version-10.7 (Santa Clara, CA, USA). Feature-extracted raw data were
analyzed using the GeneSpring GX12.6.1 microarray data and pathway analysis tool (Santa Clara, CA,
USA). Quartile (75th percentile) normalization was performed. Storey and bootstrapping analysis
was performed for multiple testing corrections. The expression profile of K133AS-R parasites was
extrapolated on a chromosome map of Leishmania parasites using custom R programs. The modulated
expression of genes was identified using two criteria: (a) statistical and (b) biological. Statistical
significance was determined by the t-test (unpaired) and a p value < 0.05 was considered as significant
for both K133WT and K133AS-R parasites. The biological cutoff for up- or downregulation was
2-fold. Differentially regulated genes were analyzed for functional classification using the GeneDB,
BLAST2GO, and AmiGO databases. The pathway analysis was carried out using the gene Spring
GX12.6.7 (Santa Clara, CA, USA) and KEGG pathway analysis tool (Bethesda, MD, USA). Interacting
partners of up- or downregulated genes in K133AS-R parasites were identified using the String
9.01 database [24].

2.9. Data Availability

The complete genome sequence was deposited in GenBank as BioProject number PRJNA657979:
for L. donovani K133AS-R under the SRA accession number SRR12487478 and BioSample number
SAMN15854505 and for L. donovani K133WT under the SRA accession number SRR12487479 and
BioSample number SAMN15854504. The microarray data were deposited in the GEO NCBI database
(http://www.ncbi.nlm.nih.gov/geo) in the MIAME format (GEO accession number GSE118460).

2.10. Quantitative Real-Time PCR (qPCR)

A total of 14 genes were selected from microarray data and validated for their differentially
modulated expression by q-PCR (Supplementary Materials Table S1). First-strand cDNA was
synthesized, from 5 µG of total RNA isolated from K133WT and K133AS-R promastigotes (early
log phase), using the Superscript II RNAse H reverse transcriptase enzyme (Invitrogen, Carlsbad,
CA, USA) and OligodT primers (Fermentas, Waltham, MA, USA). Equal amounts of cDNA were
amplified in 25-µL reactions (in triplicate) containing 6 pmoL forward and reverse primers and 1 X
Fast SYBR Green mastermix using a ABI 7500 Real-time PCR system (Applied Biosystems, Waltham,
MA, USA). The relative amount of PCR products generated from each primer set was determined
based on the threshold cycle (Ct) value and the amplification efficiencies. Gene expression levels
were normalized using constitutively expressed genes encoding cystathionine-β-synthase (CBS) and
glyceraldehyde-3-phosphate dehydrogenase (GAPDH). Quantification of the relative changes in the
target gene expression was calculated using the 2−∆∆Ct method. Primers for the targeted genes were
designed using Primer express software version 3.0 (Applied Biosystems, Waltham, MA, USA) [57].
The list of genes, their functional relevance, and the primers used for real-time PCR are given in
Supplementary Materials Table S1.

2.11. Western Blotting of Promastigote Cell Lysate

Preparation of the parasite lysate and Western blot analysis was performed following the method
described earlier [58]. K133WT and K133AS-R cell lysates (100 µG) were separated by sodium
dodecyl sulphate polyacrylamide gel electrophoresis (SDS-PAGE) on a 12% polyacrylamide gel and
transferred to nitrocellulose membranes. The membrane strips were blocked and incubated sequentially
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with anti-AQP1 (1:1000), anti-HSP70 (1:500), or anti-tubulin (1:1000) (endogenous control) primary
antibodies. Following this, the membrane was probed with Horse radish Peroxidase (HRP)-conjugated
anti-rabbit IgG (1:80,000) produced in mice (Sigma Aldrich, St. Louis, MO, USA). Blot was developed
using Western blot detection enhanced chemiluminescence (ECL) detection reagent (Merck, Burlington,
MA, USA). The image was scanned with ChemiDoc (Bio-Rad, Hercules, CA, USA) and analyzed using
Image Lab™ 5.1 software (Bio-Rad, Hercules, CA, USA) [58].

2.12. Cytotoxicity Assay

The 3-(4,5-dimethylthiazol-2-yl)-2,5-diphenyltetrazolium bromide (MTT) assay was used to
assess the cytotoxicity of the inhibitors towards host macrophages and was performed following the
manufacturer’s instructions. Primary peritoneal macrophages (PECs) extracted from Balb/c mice were
incubated with AQP1 inhibitor (Tocris Biosciences, Bristol, UK) (12.5–400 µM) or ABC transporters
modulator verapamil (Sigma Aldrich, St. Louis, MO, USA) (6.25–200 µM) in a 96-well plate for 48 h at
37 ◦C in 5% CO2. Following this, 25 µL of (5 mg/mL in 1 × PBS) MTT were added to each well and
the plate was re-incubated at 37 ◦C in the dark. Then, 4 h later, all media was removed and 150 µL
of Dimethyl Sulfoxide (DMSO) were added to each well, mixed well by pipetting, and incubated for
15 min in the dark. Absorbance was taken at 540 nm on an Infinite M200 multimode reader (Tecan,
Switzerland). A decrease in the absorbance at 540 nm indicated a decrease in cell viability.

2.13. Artesunate Susceptibility in the Presence of Inhibitors

The susceptibility of K133WT and K133AS-R parasites towards artesunate was determined in
the presence of the AQP1 inhibitor (Tocris Biosciences, Bristol, UK) and ABC transporter modulator,
verapamil (Sigma, St. Louis, MO, USA). At the promastigote stage, both K133WT and K133AS-R
isolates (1 × 105) were seeded into a 96-well plate with various concentrations of artesunate drug
(1–650 µM) alone or in the presence of 40 µM of AQP1 inhibitor or 8 µM of verapamil and incubated at
25 ◦C. After 72 h of incubation, 50 µL of Resazurin (Sigma Aldrich, St. Louis, MO, USA) (0.0125% (w/v)
in Phosphate Buffered Saline (PBS) were added to each well and the plates were further incubated for
18 h. Fluorescence was measured at an excitation wavelength of 550 nm and emission wavelength
of 590 nm on an Infinite M200 multimode reader (Tecan, Switzerland) to determine cell viability.
Sigmoidal regression analysis was used to calculate IC50 [24].

At the amastigote stage, the mice PECs were infected with late log-phase promastigotes of
K133WT or K133AS-R at a ratio of 10 parasites: 1 macrophage, plated into 8-well chamber slides
and incubated for 16 h at 37 ◦C in 5% CO2. Non-internalized promastigotes were washed off and
infected macrophages were further incubated with various dilutions of artesunate drug (13, 26, 52,
104, 208, and 260 µM) with or without AQP1 inhibitor (Tocris Biosciences, Bristol, UK) (40 µM)
or verapamil (8 µM). The inhibitor/modulator alone at the tried concentration was not lethal to
either K133WT/K133AS-R isolates or host macrophages. Then, 48 h later, the slides were fixed and
stained using Diff-Quik solutions. Macrophages were then examined for intracellular amastigotes
at 1000 ×magnification. The number of L. donovani amastigotes per 100 macrophages was counted
and the survival rate of parasites relative to untreated macrophages was calculated to determine the
IC50 value [24].

Ethics Approval

The ethics approval was obtained from the Institute Animal Ethics Committee of the ICMR-National
Institute of Pathology, Safdarjung Hospital campus, New Delhi, India (Project No. NIP/IAEC-1502).
The procedures for the care, use, and euthanasia of experimental animals were carried out under the
guidelines of the Committee for the Purpose of Control and Supervision of Experiments on Animals
(CPCSEA, Indira Paryavaran Bhawan, Jor Bagh, New Delhi) Government of India.
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3. Results

3.1. Whole-Genome Sequence Diversity Data of K133AS-R Compared to K133WT

Comparative WGS data analysis of both in vitro-generated artemisinin-resistant parasite
(K133AS-R) and the wild-type field isolate (K133WT) was performed to decipher the mechanisms
responsible for drug resistance. Detailed analysis of SNPs and insertion-deletion mutations (InDels)
was performed for K133WT and K133AS-R isolates relative to the L. donovani reference using GATK’s
Haplotype Caller (HC) [59]. WGS data analysis of K133WT showed a higher number of upstream gene
variants followed by intergenic region and missense gene variants. Out of a total of 341 gene variants,
191 SNPs and 150 InDels were observed (Figure 1A). The maximum number of SNPs was observed on
chromosome number 34, while no SNP was observed on chromosome number 5, 9, 11, 14, 21, and 26
out of a total of 36 chromosomes in Leishmania. Amongst the total InDels, 114 nucleotide insertions
and 36 nucleotide deletions were observed.

The artemisinin-resistant parasite generated in vitro under drug selection pressure (K133AS-R)
showed a higher number of upstream gene variants followed by intergenic region gene variants. Out of
a total of 477 gene variants, 240 SNPs and 237 InDels were observed (Figure 1A).
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Figure 1. Comparative Analysis of Single Nucleotide Polymorphisms (SNPs) present in K133AS-R
with K133WT. (A) Venn diagram showing the unique genes present in K133WT and K133AS-R.
(B) Comparative SNP density analysis of K133WT vs. K133AS-R (C) Pie chart showing the percentage
of different gene variants present in K133WT and K133AS-R.

The maximum number of SNPs was observed on chromosome number 31, while no SNPs were
found on chromosome number 14 and 26, which is a common observation among K133WT and
K133AS-R (Figure 1B). Among InDels, 173 nucleotide insertions and 64 nucleotide deletions were
observed. Unique gene variants were also observed among K133WT and K133AS-R. In K133WT,
the unique gene variants identified were upstream variant 254 (74.48%), downstream 23 (6.74%),
missense 27 (7.9%), frameshift 7 (2.05%), and intergenic region gene variants 27 (7.9%), while other
variations included disruptive / conservative in-frame insertions, one each and one conservative
in-frame deletion, which is 0.3% of the total gene variation observed. In case of K133AS-R, the unique
gene variants observed were 357 (74.84%) in upstream, 45 (9.43%) in downstream, 47 (9.85%) in
intergenic region, 16 (3.35%) missense variant, 11 (2.05%) frameshift variants, and one stop-lost splice
variant (0.21%) (Figure 1C). Insertions were observed to be the highest in the genome followed by
transition, transversion, and deletion.

3.2. Differentially Expressed Genes in K133AS-R vs. K133WT

The data for K133AS-R revealed several differentially expressed genes, which are expected to
contribute to drug resistance. Extensive variation in the expression of several genes like pteridine
transporter and histone-encoding genes was observed in artemisinin-resistant isolates. Marked
variation in the number of peptidases, such as metallopeptidase (LDBPK_330210), aminopeptidase P1
(LDBPK_020010), and lipases (LDBPK_341140), was also observed in K133AS-R. Enzymes involved in
the lipid biochemical pathway, such as fatty acid elongation and fatty acid desaturation, were affected in
artemisinin-resistant Leishmania, suggesting a decreased fluidity of the parasite membrane, which may
be contributing towards drug resistance as observed in the case of miltefosine-resistant parasite [60].
Genes encoding phosphoglycan β-1,3 galactosyltransferase (involved in glycosylation of proteins),
ATP binding cassette transporters (ABC transporters), ABCA2, ABCA7, and ABCA8 exhibited one
missense and two frameshift mutations having moderate and high impact in K133AS-R parasites.
Additionally, changes in folate/biopterin transporter (upstream gene variant, impact modifier), P-type
H+-ATPase (frameshift mutation), and UDP-galactose transporter have been observed in the AS-R
parasite. Cell surface protein-encoding genes viz. amastin-like proteins, and proteophosphoglycan
(ppg3)-related protein displayed mutation in the K133AS-R isolate. Alterations in ceroidlipofuscinosis
neuronal protein 3 (CLN3, LDBPK_061360) responsible for Leishmania virulence were also observed,
showing six mutations, including missense mutation with moderate impact, which may have a
direct effect on lysosomal function [61]. Moderate impacts on enzymes of the TCA cycle viz. citrate
synthase, pyruvate kinase, and succinate dehydrogenase were noted in K133AS-R. In addition,
specific genes present in K133AS-R that encode peptidase-like cysteine peptidase B, serine peptidase,
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heat shock proteins, upstream gene variants, and downstream gene variant with modifier impact are
speculated to have direct or indirect role in pathogenesis. Interestingly, two novel gene mutations in
K133AS-R including apical membrane antigen1 (AMA1, LDBPK_301480) (moderate impact, missense
mutation) and cathepsin L-like protease were identified, whose role in pathogenesis has been reported
previously [62].

3.3. Chromosomal Diversity in Artesunate-Resistant L. donovani

3.3.1. Chromosome Copy Number Variation (CNV)

Chromosome copy number analysis revealed large differences between K133WT and K133AS-R.
The gene copy number variants’ length observed was from 0.2 to 200 kilo base pair (kb) based on the
size distribution of identified CNVs (Figure 2A). Of the total CNVs observed in K133AS-R, most were
in the range of 1–5 kb size followed by 20 to 100 kb, accounting for 43.66% and 16.39%, respectively.
A comparative analysis of local gene copy number variations between K133WT and K133AS-R was
performed. In case of K133WT, a total of 586 CNVs were identified in which 365 deletions and 221
duplications were observed compared to K133AS-R, in which a total 616 CNVs were identified out of
which 377 were deletions and 239 were duplications (Figure 2B).

 

 
(A) 
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Figure 2. Analysis of CNV diversity in artesunate-resistant L.donovani (K133AS-R). (A) Size distribution
of CNVs detected in the K133AS-R genome (B) Comparative CNV analysis of K133WT vs. K133AS-R.
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3.3.2. Variance in Allelic Frequency Due to Change in Chromosomal Somy/Ploidy

In most of the cases, drug resistance in pathogenic microorganism correlates with gene expression
changes, which somehow are concordant with the chromosomal ploidy changes. Normalized read
depth data are generally used to assess copy number variation as somy estimation does not always
show a result in integral values, since it depicts the average of a population of the cell that does
not strictly show identical karyotypes. To determine somy, the two-loop method was used [38,63].
Chromosomal somy data analysis of K133WT and K133AS-R shows that most of the chromosomes
were disomic. Deflection from this pattern was detected in chromosome number 14 and 32, which were
monosomic, while chromosome 5, 8, 20, 23, and 31 displayed the trisomy condition in both K133WT
and K133AS-R. Chromosome 12 only was found in the trisomy condition, a unique observation in
K133AS-R (Figure 3).

 

 

Figure 3. Chromosomy estimation in L. donovani parental line (K133WT) and artemisinin-resistant lines
K133AS-R. The solid line represents median coverage and it was assigned a value of 2, considering that
diploid is the principal ploidy state in Leishmania. The dotted line represents the calculated values for
other somies (blue- monosomy; between two dotted red-trisomy).

3.4. Functional Annotation and Classification of K133WT and K133AS-R Unigenes

Additional validation, functional annotation, and classification of K133WT and K133AS-R unigenes
derived from reference-based assembly data was performed as described in the methodology section.
Out of 7671 genes retrieved in K133WT and 7792 genes in K133AS-R, a total of 7652 (99.75%) in K133WT
and 7778 (99.82%) genes were found with BLAST hits. K133AS-R unigenes were annotated with at
least one biological term from GO information, while the remaining 19 genes in K133WT and 14 in
K133AS-R did not result in any BLAST hit. Species distribution analysis based on BLASTx results
with BLAST hit sharing showed high sequence similarity with L. donovani and L. infantum sequences
(Figure 4A,B). In K133WT, 2925 GO terms were allocated to biological processes, 2987 terms to cellular
components, and 3152 GO terms to molecular functions, while in K133AS-R, 2942 GO terms were
assigned to biological processes, 3005 terms to cellular components, and 3178 GO terms to molecular
functions. Within the biological process category, cellular metabolism, cellular component organization,
or biogenesis was most abundant. Within the cellular component category, GO terms corresponded
to the cell and organelle part, membrane part, and protein-containing complexes (Figure 4C,D).
Under molecular function category, GO terms mostly corresponded to different catalytic, binding,
and transporter activity, which were abundant among unigenes [52].
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Figure 4. Characterization of K133WT and K133AS-R unigenes based on an NCBI non redundant
(Nr) protein database search. (A) Species distribution of the top Blast hits for the K133WT assembled
unigenes and (B) Species distribution of the top Blast hits for the K133AS-R assembled unigenes with a
cutoff E-value of 10−05. Gene Ontology (GO) annotation for all the assembled unigenes in K133WT
(C) and K133AS-R (D) GO-terms were assigned to functionally annotate the genes based on BLAST
search results using the Blast2GO program (Biobam BioInformatics, Valencia, Spain). The results
were classified based in three functional categories, Green bar represents biological function (BF);
Blue: molecular function (MF); and Yellow: cellular component (CC).
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3.5. Comparative Transcriptome Analysis of K133WT vs. K133AS-R Parasites

Gene expression analysis using one-color DNA microarray experiment, of K133WT vs. K133AS-R
isolate, revealed a modulated expression of 208 genes (approximately 2.26%) in drug-resistant parasites.
The plot log2 transformed expression ratio of K133AS-R (red line) vs. K133WT (green line) as a function
of the chromosomal location of microarray probes is shown in Supplementary Materials Figure S1.
Out of 208 differentially modulated genes, 102 genes (1.11%) were upregulated and 106 genes (1.15%)
were downregulated in K133AS-R parasites. The overall expression pattern of mRNA is shown in
Supplementary Materials Table S2.

The gene expression level on the genomic scale was analyzed using a chromosome map (Figure 5A).
The chromosome map showed that chromosome 18, 25, 31, and 33 contained higher numbers of
upregulated genes while chromosome 33 and 36 contained higher numbers of downregulated genes in
the K133AS-R isolates. Among the upregulated genes, the highest number were present on chromosome
31, which included AQP1 (LinJ.31.0030), amastin (LinJ.31.0460, LmjF.31.0450), and a few uncharacterized
proteins. Upregulated proteins include autophagocytosis protein (LinJ.33.0320), protein having RNA
ligase (LinJ.33.0580) activity and transaminase (LinJ.33.1410) activity on chromosome 33, protein
involved in trpanothione biosynthesis process (LinJ.18.1660) on chromosome 18, Kinesin (LinJ.25.2150),
and DNA-directed RNA polymerase II (LinJ.25.1350) on chromosome 25. The maximum number of
downregulated genes were present on chromosome 33, among which more than 50% were hypothetical
uncharacterized proteins. Other downregulated genes on chromosome 33 included translation initiation
factor 2 (LinJ.33.2880), small nuclear ribonucleoprotein complex (LinJ.33.3340), H1 histone-like protein
(LinJ.33.339/0), and metallocarboxipeptidase (LinJ.33.2670). Genes showing downregulated expression
on chromosome 36 included isoleucyl-t-RNA synthetase (LinJ.36.5870), translation elongation factor
1-β (LinJ.36.1490), glucose transporters (LinJ.36.6550, LmjF.36.6290, LinJ.36.6560), phosphoglycerate
mutase family member 5 (LinJ.36.4270), and ubiquitin protein ligase (LinJ.36.6600).

Genes showing differential expression (both up- and downregulated genes) were classified
into various functional categories and a number of altered pathways in K133AS-R parasites were
identified with the help of several databases and bioinformatics tools as mentioned above in Section 2.8.
The percentage of genes exhibiting altered expression with genes remained unaltered in K133AS-R
parasites is shown in Figure 5B. Among the 208 genes showing modulated expression in K133AS-R
parasites, a total of 144 genes were categorized into function and distributed into eight different
functional categories (Figure 5C). All the 144 genes with their functional categories are enlisted in
Supplementary Materials Table S3.
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Figure 5. Comparative transcriptome profiling of K133WT and K133AS-R isolate. (A) Comparative
gene expression of K133WT vs. K133AS-R parasites on the chromosome map. Chromosome map for
differential gene expression was generated using Custom R program. Red lines indicate upregulated
genes whereas green lines indicate downregulated genes in the K133AS-R parasite. (B) Percentage of
differentially expressed genes in K133AS-R parasites. The percentage of modulated genes was calculated
from the total 9170 genes obtained in Quality Control (QC) after filtering. Overall, 1.11% of genes were
upregulated (red) whereas 1.15% of genes were downregulated (green); however, 97.74% of genes
remained unaltered in K133AS-R parasites. (C) Categorization of genes showing differential expression
in K133AS-R parasites according to GO functional categories. GO categories of differentially expressed
genes in K133AS-R parasites suggested that genes belonging to various functional categories, such as
metabolic processes, oxidation-reduction, cell membrane proteins, stress proteins, transporter activity,
cell movement, and cell signaling, showed modulated expression. Unclassified proteins included
hypothetical proteins with unknown function (that have not been characterized experimentally).

3.6. Validation of Modulated Gene Expression Using qPCR

Fourteen differentially expressed genes were selected for validation of expression analysis based on
their role in various metabolic pathways and artesunate resistance. The selected 14 genes (9 upregulated
and 5 downregulated) were validated for their expression in K133WT and K133AS-R parasites by
qPCR. The fold change in the gene expression of K133AS-R/K133WT observed in q-PCR was compared
with that observed in microarray experiments (Figure 6). The results obtained by qPCR for selected
genes agreed with the transcriptome data derived by microarray experiments.
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Figure 6. Validation of modulated expression of selected genes by qPCR. Selected 14 genes showing
modulated expression in a microarray were validated for their altered expression by q-PCR in three
independent RNA preparations. Fold changes in the gene expression of K133AS-R parasites with
respect to K133WT parasites ± SD, obtained by q-PCR and microarray experiments, are represented
here. The q-PCR data were normalized using two endogenous controls, glyceraldehyde 3-phosphate
dehydrogenase (GAPDH) and cystathionine β-synthase (CBS).
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3.7. Targeted Protein Profiling of AQP1 and HSP70 in K133WT and K133AS-R Leishmania Parasites by
Western Blotting

Western blot analysis revealed that the expression of AQP1 was 1.6-fold higher in K133AS-R
parasites whereas that of HSP70 was 5.46-fold lower in K133AS-R parasites as compared to K133WT
parasites (Figure 7).
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Figure 7. Expression analysis of AQP1 and HSP70 by Western blotting. Western blot analysis for
the expression of AQP1 and HSP70 and α tubulin (endogenous control) protein was performed
using 100 µgpromastigote cell lysates of K133WT and K133AS-R parasites. Proteins separated on
a 12% SDS–PAGE gel, transferred to nitrocellulose membranes that were probed with anti-AQP1,
anti-HSP70, or anti-α tubulin antibody followed by horseradish peroxidase (HRP)-conjugated antibody
and developed using enhanced chemiluminescence (ECL).

3.8. Susceptibility of K133WT and K133AS-R Parasites in the Presence of the AQP1 Inhibitor and Modulator of
ABC Transporters

The susceptibility of K133WT and K133AS-R parasites towards artesunate was determined in the
presence of AQP1 inhibitor and modulator of ABC transporters, verapamil. The cytotoxicity of the
AQP1 inhibitor or verapamil determined for host macrophages (mice PECs) by the MTT assay revealed
that the cytotoxic concentration 50% (CC50) of the AQP1 inhibitor was 233.47 ± 40.19 and that of
verapamil was 111 ± 14.17 (Figure S2). The IC50 of K133AS-R parasites towards artesunate significantly
decreased by 1.9-fold in the presence of the AQP1 inhibitor and 2.2-fold in the presence of verapamil
at the promastigote stage (Figure 8A). Surprisingly, at the intracellular amastigote stage, K133WT
parasites showed a significant increase of >4-fold in the IC50; however, no significant alteration was
observed in the IC50 of K133AS-R parasites towards artesunate in the presence of the AQP1 inhibitor.
Further, in the presence of verapamil at the amastigote stage, IC50b of artesunate for the K133AS-R
parasites decreased by 2-fold (Figure 8B). However, there was no significant alteration in IC50 of
K133WT parasites in the presence of the AQP1 inhibitor at the promastigote stage and in the presence
of verapamil at the promastigote or amastigote stage (Figure 8A,B).

3.9. Analysis of Modulated Genes and Pathways in K133AS-R Parasites

Based on all the observations, a model depicting all the adaptations in K133AS-R parasites was
proposed (Figure 9), which suggests the following genes/pathways are affected in K133AS-R parasites.

3.9.1. Autophagy, UPR, and Oxidative Stress

In K133AS-R, Atg8 (LinJ.19.0860) that plays an important role in formation of autophagosome
was downregulated. Downregulated expression of HSP70 was also observed in K133AS-R parasites.
On the other hand, an upregulated expression of lipoate protein ligase (LinJ.36.3230) involved in
lipoic acid biosynthesis was observed in K133AS-R parasites, which eventually lead to upregulated
expression of γ-glutamyl cysteine synthetase (GSH1).
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Figure 8. Susceptibility of K133WT/K133AS-R isolates in the presence of the AQP1 inhibitor or the
modulator to ABC transporter, verapamil. In vitro susceptibility of the sensitive wild-type strain K133
WT/artemisinin-resistant strain K133AS-R isolates towards artesunate in the presence of the AQP1
inhibitor (AQP1 Inh.) and verapamil (Vera) at (A) the promastigote stage and (B) amastigote stage.
IC50 ± SD of three independent experiments in duplicates is represented here. *** represents p ≤ 0.001,
**** represents p ≤ 0.0001, NS represents not significant, Circle represents IC50 of K133WT, Triangle
represents IC50 of K133AS-R.

3.9.2. Carbohydrate, Lipid, and Amino Acid Metabolism

K133AS-R parasites showed downregulated expression of gene phosphoacetylglucosamine
mutase (LmjF07.0805) involved in the conversion of N-acetyl-α-D-glucosamine-1-phosphate to
N-acetyl-D-glucosamine-6-phosphate, which later forms fructose-6-phosphate. Further, various
glucose transporters, such as the glucose transporter, Imgt2 (LinJ.36.6550, LmjF36.6290), were also
downregulated, suggesting downregulation in carbohydrate metabolism. On the other hand, genes
involved in amino acid and lipid metabolism, such as methylmalonyl CoA mutase (LinJ.27.0310;
involved in isoleucine, valine, and leucine metabolism), glutamine aminotransferases (LinJ.33.1410;
involved in glutamine metabolism), myo-inositol-1-phosphate synthase (LinJ.14.1450), and a
hypothetical protein having lipase activity (LinJ.13.0200) involved in lipid metabolism, showed
upregulated expression.

3.9.3. DNA Synthesis and Translation Machinery

Genes responsible for DNA replication like nucleoside transporter 1 (LinJ.36.2040), H1 histone-like
protein (LinJ.33.3390), and endonuclease/exonuclease activity (LinJ.28.1000), were downregulated.
Genes involved in protein translation, such as translation initiation factor IF-2 (LinJ.33.2880),
Isoleucyl-tRNA synthetase (LinJ.36.5870), and 28S ribosomal RNA (LmjF27.rRNA.32), were also
downregulated. On the other hand, small RNA molecules that play an essential role in RNA biogenesis
and guide chemical modifications of ribosomal RNAs (rRNAs) and other RNA genes (tRNA and
snRNAs) U1snRNA, U2 snRNA, and U3 snRNA were upregulated. Further, genes involved in
protein degradation, such as metallopeptidase (LinJ.11.0640) and carboxypeptidases (LinJ.33.2670),
were downregulated.
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Figure 9. Transcriptome predicted adaptations contributing artesunate resistance in L. donovani: Genes
altered in K133AS-R parasites are represented here. Genes marked with an up and down arrow
represent, respectively, the upregulated genes and the downregulated genes in K133AS-R parasites.
1, 2, 3, 4, 5, and 6 are probable adaptations in K133AS-R parasites. (1.) Downregulation of Atg8 and
HSP70 leads to increased ROS production, which was compensated by upregulation in the expression
of GSH1, (2.) Upregulated expression of enzymes involved in amino acid and lipid metabolism
and downregulated expression of the enzyme involved in carbohydrate metabolism, suggesting a
dependency on these metabolites for energy generation, (3.) Reduced DNA synthesis that leads to the
parasites in the quiescence state may be responsible for artesunate resistance in Leishmania, (4.) Reduced
protein synthesis and reduced protein degradation, (5.) Upregulated expression of AQP1 leads to
higher nutrient uptake and increased discharge of waste material and metabolic end product from
the parasites and (6.) Upregulated expression of ABC transporter (ABCG1) and partial reversion or
resistance in the presence of the ABC transporter modulator verapamil suggested probable involvement
of the ABC transporter in the efflux of artesunate drug.

3.9.4. Modulated Expression of Transporters

Aquaglyceroporin (AQP1) (LinJ.31.0030), UDP-galactose transporter (LPG5B) (LinJ.18.0400),
and ATP-binding cassette protein subfamily G, member 1, putative (ABCG1) (LmjF06.0080) were
upregulated in K133 AS-R parasites. On the other hand, an ABC transporter family-like protein
(LinJ.33.3410A), nuclear transport factor 2 (LinJ.10.0900), and amino acid transporters, AAT19
(LinJ.07.1340) and AAT22 (LinJ.22.0100), showed downregulated expression.

3.10. Correlation of Whole-Genome Sequencing Analysis with Transcriptomic Data

Advancement in genomics and transcriptomics technologies have conferred considerable
enhancement of our knowledge related to the set of changes that occur within the parasite
at the molecular level resulting in the evolution of drug resistance. Comparative analysis of
the genome and transcriptome data of the two distinct strains of L. donovani (K133WT and
K133AS-R) provided a correlation of the mechanism behind the development of artemisinin
resistance. Eight upregulated and 10 downregulated genes in the transcriptome data matched
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with the NGS data. Out of eight upregulated genes, two amastin-like surface protein genes
(LinJ08_V3.0700/LdBPK_080710) and (LinJ34_V3.0700/LdBPK_43111505) showed one and five
mutations respectively; the remaining six genes had upstream gene variants. The types of mutations
observed were insertion, deletion, and transition. Genes that correlated in both included the
amino acid transporter ATP11 and cathepsin—L like cysteine protease. Out of 10 downregulated
genes, ABCA2 (LinJ11_V3.1230/LdBPK_111210) and receptor-type adenylatecyclase b (fragment)
(LinJ17_V3.0140/LdBPK_170120) displayed a frameshift mutation at two sites. The genes that
were observed to be downregulated included phosphoacetylglucosamine mutase-like protein
(LinJ07_V30930/LdBPK_070930) and pteridine transporter (LinJ06_V3.1320/LdBPK_061320). Cathepsin
L-like protease, a type of lysosomal endopeptidases, is present in both the promastigote and
amastimogote stage of Leishmania species and involved in crucial biological process of parasites,
such as evasion of the host immune system [63–65].

4. Discussion

Sesquiterpene, artemisinin, a secondary metabolite extracted from Artemisia annua, is an
important antimalarial drug that has shown antimicrobial and antiviral activities [66,67]. Several
in vitro and in vivo studies suggested potential antileishmanial activity of this drug [8–10,68].
However, the possibility of the emergence of resistance following the use of artemisinin as
antileishmanial treatment cannot be denied. In our previous study, we reported that in vitro-selected
artesunate-resistant Leishmania parasites were more virulent, successfully modulating the host cell
defense mechanism, and exhibited altered expression of genes involved in the unfolded protein
response, as compared to sensitive parasites [41]. The present study aimed to explore the genome and
transcriptome of artesunate-resistant Leishmania parasites in order to understand the mechanism of
resistance and to safeguard this drug for future use. Next-generation sequencing (NGS) platforms have
advanced to provide a precise and comprehensive means for the detection of molecular mutations.
Genomic and transcriptomic analyses would help in the advancement of our understanding of
the biology of Leishmania. This comparative analysis of whole-genome sequences attempted to
explicate genetic factors responsible for drug resistance in L. donovani. Here, we demonstrated that
the in vitro-selected artesunate-resistant (K133AS-R) parasite was quite distinct from the sensitive
wild-type (K133WT) at the genome and transcriptome level.

Major findings of the study are summarized in three sections. Firstly, from the genomic landscape,
we found a high number of SNPs and InDel, many of them having a pronounced influence (stop
codon gained/lost and frame-shifts) on essential biological functions. Briefly, in K133AS-R, upstream
gene variants were higher followed by intergenic region gene variants. Out of the total number of
gene mutations, SNPs were high as compared to InDel. The highest number of SNPs was observed
on chromosome number 12, 31, 34, and 35. Among InDel mutations, insertions were greater than
deletions. Non-coding mutations, such as upstream gene variants and downstream gene variants,
affect regulatory elements and lead a to loss of function that results in reduced gene expression, or a
gain of function resulting in differential gene expression [69]. In this study, we analyzed that selective
forces are majorly acting on non-coding regions of the genome. Secondly, the major changes observed
were concerned with local copy number variations (CNVs). In K133AS-R, higher deletion occurred as
compared to duplication and CNV lengths in the range of 1–5 kbp were either deleted or duplicated,
depicting that changes occurred at small sequences rather than larger sequences. The highest number
of CNVs were observed in K133AS-R on chromosome no 31, 29, 20, and 18. In the absence of regulation
of gene expression at the initiation site, duplication/deletion of specific genes in a genomic sequence
modulates the transcript level and its products [69,70]. Complex chromosomal copy number variation
is often observed in Leishmania parasites due to their asexual mode of replication [26]. Thirdly,
second-generation sequencing data obtained with the Illumina analyzer sets out remarkable read
depth coverage throughout the chromosomes of Leishmania, and both the K133AS-R and K133 WT
exhibited a uniform read depth in all chromosomes that is disomic except chromosome number 12 in

42



Genes 2020, 11, 1362

K133 AS-R. A read depth greater than two-fold was observed in case of chromosome 12, suggesting
that the chromosome is present in the trisomy condition. Chromosomy variation in Leishmania is a
well-known adaptive strategy in response to experimental drug resistance selection [71]. Aneuploidy
is mostly influenced by the environmental condition and is more prevalent in promastigotes under
in vitro conditions than in amastigotes present inside the vertebrate host. It arises through unlicensed
replication due to a lack of proper cell cycle regulation and/or mitotic non-disjunction [43]. Further,
GO terms based functional annotation of genes lead to classification into different categories, including
metabolic, cellular processes, and biological regulation, which include the response to stimulus,
cell signaling, and growth. WGS data analysis gives ample information regarding genetic variation
compared to other sequencing approaches that include SNPs, InDel, as well as structural variants viz

CNVs, inversion, translocation, and ploidy variation in chromosomes [72].
Analysis of transcriptome data by microarray and further experimental validation of differentially

expressed proteins resulted in several important findings. To maintain cellular homeostasis,
the eukaryotic cells have developed specialized mechanisms, such as lysis of intracellular proteins and
organelles, which regulate cellular functions like enzymatic activity, removal of toxic or misfolded
proteins, and the production of free amino acids to ensure cell survival under stressful conditions.
The eukaryotic cells are known to perform these functions by the process of autophagy, which is
believed to have originated at a later point during evolution [73]. Artesunate causes high levels of
ROS generation within the cell. Further, it has been reported in cancer cells that autophagy plays a
cytoprotective role within cells by inhibiting ROS. In K133AS-R, downregulated expression of Atg8
suggested reduced inhibition of ROS. In addition, deceased expression of HSP70, both at transcript
and protein levels, suggested an accumulation of a higher number of misfolded proteins, resulting
in higher ER stress and finally higher ROS production in K133AS-R parasites. On the other hand,
upregulated expression of lipoate protein ligase leads to upregulated expression of GSH and thus
plays an important role in glutathione biosynthesis and response to oxidative stress. This may be a
compensatory approach of K133AS-R parasites to survive under oxidative stress.

Downregulated expression of gene phosphoacetylglucosamine mutase, which is eventually
involved in the formation of fructose-6-phosphate, an important component of glycolysis/
gluconeogenesis, suggested downregulation of these pathways in K133AS-R parasites. In addition,
the downregulated expression of various glucose transporters suggested that K133AS-R parasites
may not depend on carbohydrate metabolism for energy requirements. Hence, artesunate-resistant
parasites may depend on amino acids and lipids for energy generation as inferred by the upregulated
expression of methylmalonyl CoA mutase (involved in isoleucine, valine, and leucine metabolism)
and glutamine aminotransferases (involved in glutamine metabolism) while myo-inositol-1-phosphate
synthase and a hypothetical protein are involved in lipid metabolism.

Leucin-rich AMA1 protein secreted by many Leishmania species, including L. donovani, helps them
to interact with cholesterol present in the host cell membrane and thereby assist the internalization of
parasites [74–76]. Amastin, a transmembraneglycoprotein, encoded by a large gene family initially
reported in the amastigote stage of trypanosomes and later observed as a surface protein expressed
in Leishmania species (encoded by six copies of genes) plays an important role in visceralization [77].
The importance of amastin in the pathogenesis of Leishmania species is well documented in a previous
study [55]. The data analysis showed that the parasites may undergo genomic alterations to express
certain genes differentially to adapt to the drug-induced selection pressure.

K133AS-R parasites showed downregulated expression of several genes involved in DNA synthesis
and translation machinery. Reduced DNA/protein synthesis leads to an arrest of parasites in a quiescent
state, which may be responsible for drug resistance as reported in case of artemisinin resistance in
malaria [78]. Further, there was a downregulated expression of metallo- and carboxy-peptidase
involved in protein degradation, which may be an adaptive approach of K133AS-R parasites to
overcome reduced protein synthesis.
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In Leishmania, AQP1 plays an important role in providing nutrients from the host organism,
mainly glucose, amino acids, and fatty acids. These may also be responsible for discarding waste
and metabolic end-products, such as lactate, from the parasite’s cytosol [79]. In the presence of AQP1
inhibitor, drug-resistant mutants showed a significant increase in susceptibility towards artesunate
at the promastigote stage; however, no significant alteration in drug susceptibility was observed in
drug-sensitive parasites, indicating an important role of AQP1 in the selection of artesunate resistance
in Leishmania. AQP1 has been reported to be involved in the uptake of antimonial drugs and its
downregulated expression has been found to be associated with drug resistance [80,81]. Interestingly,
in artesunate resistance, higher expression of AQP1 both at the mRNA and protein levels was observed
to be associated with drug resistance. Another interesting observation was the decrease in the
susceptibility of drug-sensitive parasites towards artesunate at the intracellular amastigote stage,
whereas no significant alteration in drug susceptibility was observed with drug-resistant parasites.

Higher expression of ABC transporters has been widely reported in drug resistance in
Leishmania [24,81–83]. Upregulated expression of ABCG1 (ABCG subfamily) was observed in artesunate
resistance. Further, the use of the ABC transporter verapamil resulted in a significant increase in the
susceptibility of K133AS-R parasites towards artesunate both at the promastigote and amastigote
stage, suggesting an important role of ABCG1 in the selection of drug resistance. However, functional
characterization of ABCG1 needs to be carried out in order to establish its role in artesunate resistance.
LPG5B (UDP-galactose transporter) plays diverse roles in parasite survival, like the control of parasite
binding to the sand fly midgut wall, resistance to lysis by complement, protection from oxidative
damage, and delayed fusion of phagolysosomes. Upregulated expression of LPG5B in K133AS-R may
be helpful to parasites for their survival under drug pressure.

Comparative genome as well as transcriptome data analysis resulted in several major findings,
such as upregulation of cathepsin L-like protease, amastin-like surface protein, and amino acid
transporter at both the genome as well as the RNA level. Downregulated genes that were observed
to be in sync with NGS data were ABCG2, Pteridine receptor, receptor-type adenylatecyclase,
phosphoaceylglucosamine mutase-like protein, and certain hypothetical proteins.

Our data explicate a better insight in genomic and transcriptomics alteration that occurs during
artemisinin stress under in vitro conditions and would act as a baseline for further studies involving
the applicability of genomic changes encountered in the study of the clinically resistant and sensitive
L. donovani isolated from patients of leishmaniasis. Overall, this study highlights genes and interlinked
pathways contributing to artemisinin resistance using Leishmania as a model and highlights putative
mechanisms that have applicability not only to malaria but also other diseases against which the drug
is found to be effective.
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Abstract: Chagas disease caused by the parasite Trypanosoma cruzi affects millions of people.
Although its first genome dates from 2005, its complexity hindered a complete assembly and
annotation. However, the new sequencing methods have improved genome annotation of some
strains elucidating the broad genetic diversity and complexity of this parasite. Here, we reviewed the
genomic structure and regulation, the genetic diversity, and the analysis of the principal multi-gene
families of the recent genomes for several strains. The telomeric and sub-telomeric regions are sites
with high recombination events, the genome displays two different compartments, the core and the
disruptive, and the genome plasticity seems to play a key role in the survival and the infection process.
Trypanosoma cruzi (T. cruzi) genome is composed mainly of multi-gene families as the trans-sialidases,
mucins, and mucin-associated surface proteins. Trans-sialidases are the most abundant genes in the
genome and show an important role in the effectiveness of the infection and the parasite survival.
Mucins and MASPs are also important glycosylated proteins of the surface of the parasite that play a
major biological role in both insect and mammal-dwelling stages. Altogether, these studies confirm
the complexity of T. cruzi genome revealing relevant concepts to better understand Chagas disease.

Keywords: Trypanosoma cruzi strain; sequencing methods; genome plasticity; gene expression;
trans-sialidases; mucins

1. General Aspects of T. cruzi Biology

Trypanosomatidae family includes parasites of vertebrates, invertebrates, and plants. Due to
their adaptation to different environmental conditions and high biological diversity, these protists
produce a major impact on all biotic communities [1,2]. Trypanosoma cruzi (T. cruzi) is the parasite that
causes the Chagas disease or American Trypanosomiasis, a chronic endemic illness of Central and
South America, and a neglected tropical disease. Chagas disease is characterized by an acute phase
with low mortality and symptomatology. Then, the patients can remain in an asymptomatic phase
for life or, after many years without any sign of disease, develop a symptomatic chronic phase with
cardiomyopathy, megavisceras, or both [3]. Moreover, these variations in the disease outcomes are
related to the high genetic variability of the parasite [4–7].

T. cruzi presents a very complex life cycle that includes an invertebrate hematophagous triatomine
vector and a broad range of mammalian hosts [8]. In both insect and mammalian hosts, four different
major developmental stages were identified [9,10]. The non-infective epimastigotes are present in the
midgut of triatomines where they differentiate into infective metacyclic trypomastigotes that after the
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infection of host cells are differentiated into the replicative amastigotes [11]. Finally, these amastigotes
replicate by binary fission and lyse the cell differentiating to bloodstream trypomastigotes that can
infect other cells of the host.

The mitochondrial DNA of T. cruzi is formed by a network of concatenated circular molecules of
maxicircles and minicircles that is called the kinetoplast. This structure contains dozens of maxicircles
(20–40 kb) and thousands of minicircles (0.5–10 kb) with varying sizes depending on species [12,13].
Maxicircles contain the characteristic mitochondrial genes of other eukaryotes and consist of two
regions: the coding region and the divergent/variable region, very difficult to sequence due to its
repetitive sequences [14]. Minicircles are exclusive to trypanosomatids and they are directly involved
in U-insertion/deletion editing system as they encode guide RNAs (gRNAs) [15]. Moreover, it is
suggested that both molecule populations are heterogeneous showing strain-specific variations [16,17].

T. cruzi reproduction is usually asexual by binary division, but there are evidences of natural
hybridization, genetic exchange between strains and sexual reproduction [18–21]. Also, the population
genetics of T. cruzi generated a significant interest, producing two opposing views. A clonal theory
was proposed considering T. cruzi as the paradigm of the predominant clonal evolution (PCE) model of
pathogens, displaying that this parasite shares many features with other parasitic protozoa, fungi and
bacteria [22,23]. However, other researchers have demonstrated that T. cruzi could reproduce sexually
by a mechanism consistent with classic meiosis, and have suggested that the PCE model in this parasite
does not reflect the biological reality [21,24].

In mitosis the genome of T. cruzi does not condense to form chromosomes, preventing its
visualization by conventional techniques [25,26]. Instead, parasite karyotype was determined by
molecular biology techniques, such as pulsed-field gel electrophoresis (PFGE) in combination with
Southern blot. These studies revealed a large molecular variability in size and number of chromosomes
between strains and even among clones of the same strain [27,28]. The parasite is usually described
as diploid, and the size of chromosomes varies from 0.45 Mb to 4 Mb and the number from 19 to 40.
Experiments by flow cytometry have estimated the genome size between 80 and 150 Mb [29].

2. Classification of T. cruzi Strains

There are many genetically different strains of T. cruzi [30,31]. Therefore, field investigators
have looked for methods to classify these strains mostly according to their biological and genomic
differences. The first classification was established in 1999 in a Satellite Meeting held at Fiocruz [32].
An expert committee reviewed the available data establishing two principal subgroups named T. cruzi I
and T. cruzi II (Figure 1A). This classification was proposed considering biological and biochemical
characteristics and molecular approaches such as the mini-exon studies and the 24Sα ribosomal
DNA sequence.

Ten years later knowledge of the molecular diversity of the parasite increased and multilocus
genotyping analyses revealed six distinct Discrete Typing Units (DTUs) [30], which in turn classified
in two major subdivisions called DTU I and DTU II. DTUs are defined as “sets of stocks that are
genetically more related to each other than to any other stock and that are identifiable by common
genetic, molecular or immunological markers” [33]. Furthermore, based on phylogenetic information
from multilocus enzyme electrophoresis (MLEE) and random amplified polymorphic DNA (RAPD)
markers the DTU II was split into five DTUs (IIa-e) [34,35], and DTUs I and IIb correspond, respectively,
to the T. cruzi I and T. cruzi II groups recommended by the original committee in 1999 (Figure 1B).
This new classification considered that DTUs I and IIb were the ancestral strains, DTUs IId and
IIe were the products of a minimum of two hybridization events [36–38], and DTUs IIa and IIc as
ancestral hybrids.
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Figure 1. Different classifications of Trypanosoma cruzi since 1999. (A) Classification of the meeting
of 1999. (B) First consensus classification of 2009. (C) Second consensus classification of 2009.
(D) Alternative classification proposed in 2016.

However, a second revision that same year (2009) proposed a final classification in 6 DTUs [30].
DTUs I and II were the ancestral strains, DTUs III-IV those with at least one recombination event
between DTUs I and II (homozygote hybrids), and DTUs V-VI were heterozygote hybrids of the
DTUs II and III (Figure 1C). A new strain detected in bats was also included in the classification as
TcBat [39] and with subsequent studies based on diverse molecular markers, it is considered to be the
seventh DTU [40].

Finally, in 2016, Barnabé et al. [41] questioned the statistical validity of this classification.
They performed a phylogenetic reconstruction by maximum likelihood trees based on the most
common mitochondrial genes in databases. They proposed a new aggrupation considering the
expression of three genes, two mitochondrial (CytB and COII) and one nuclear (Gpi). This new
classification established three groups, the ancestral mtTcI and mtTcII, and the mtTcIII that grouped all
the hybrid strains. They included the TcBat as an independent strain, although it was phylogenetically
related to the mtTcI (Figure 1D).

3. The Genomes of T. cruzi: A New Update

The first version of a T. cruzi genome was published in 2005 [42] from the CL Brener
strain. Interestingly, genomes for Leishmania major [43] and Trypanosoma brucei (T. brucei) [44] were
simultaneously published in the same year.

The CL Brener strain was the most analyzed until then, with reproducible models in vitro, capable
of producing an acute phase and being susceptible to Benznidazole [45]. In contrast to Leishmania major

or T. brucei that had around 20–25% of repetitions in the genome, T. cruzi presented around 50%,
making genome analysis and assembly more difficult [46]. Therefore, this first genome did not achieve
the expected quality and remains incomplete, although it has been the principal reference for many
researchers until today, despite the increasing availability of new and better genome sequences.

To date, there are several genomes of T. cruzi in the databases of the National Center for
Biotechnology Information (NCBI) and TriTrypDB. This contributed to the study and understanding of
the phenotypic, pathogenic, or complex variations among strains. Table 1 displays a summary of the
recently available genomes in databases for the most studied strains. Some of these genomes were
constructed from short-read sequencing methods (i.e., Illumina/Roche 454), such as Y [47], 231 [48],
Sylvio X10/1 [49], G [50], or B7 strain of T. cruzi marinkellei [51]. Although these methods produce a

53



Genes 2020, 11, 1196

high number of reads and have a low error rate, a relevant problem is the incapability to generate a
complete chromosome reconstruction from short reads, causing very fragmented genomes in the case
of complex genomes as trypanosomatids. This could lead to over-, under- or miss-representation of
genes or complete chromosomic regions. In this regard, long-read sequencing methods (i.e., PacBio,
Nanopore) could be a better choice for the trypanosomatids genomes [52], as the case of Bug2148
strain [53]. This technology allows the sequencing of long genetic fragments avoiding the complex
and repetitive nature of the parasite. It could contribute to obtaining genomes with less redundant
sequences and more completed, although the assembly size is still below the estimations made by DNA
measurements (80–150 Mb) [29]. However, the error rate is bigger using long-read methods (and needs
to be minimized by increasing the sequencing coverage) than in short-read methods. Therefore,
in recent years, some laboratories chose the combination of both techniques to improve the assembly
process, as the Berenice [54] or TCC and Dm28c [55] strains. In fact, the use of long-read sequencing
methods generates contigs of more than 1 Mb, probably covering whole chromosomes. This allows the
assembly of a genome in the smaller number of contigs, as happens with Berenice, Dm28c, TCC and
Bug2148 strains (Table 1), obtaining the largest contig N50. Other researchers suggested that the
copy number of conserved genes of T. cruzi, such as the monoglyceride lipase gene could be used as
misassemble control [56].

Table 1. Data of the most recent genomes of the best-studied strains of T. cruzi and the B7 strain of T.

cruzi marinkellei. BNEL: CL Brener Non-Esmeraldo-like; BEL: CL Brener Esmeraldo-like; PacBio: Pacific
Biosciences. Contig N50: is a statistic median such that the 50% of the whole assembly is contained in
contigs equal to or larger than this value.

Strain DTU Size (Mbp) Contigs Contig N50 %GC Date of Version Sequencing Method References

G I 25.17 1450 74,655 47.40 November 2018 Roche 454 [50]
Dm28c I 53.27 636 317,638 51.60 May 2018 Illumina + PacBio [55]

Sylvio X10/1 I 38.59 27,019 2307 51.20 October 2012 Roche 454 + Illumina [49,57]
Berenice II 40.80 934 148,957 51.20 June 2020 Illumina + Nanopore [54]

Y II 39.34 10,127 11,782 51.43 October 2017 Illumina [47]
231 III 35.36 8469 14,202 48.60 January 2018 Illumina [48]

Bug2148 V 55.22 934 196,760 51.63 October 2017 PacBio [53]
CL VI 65.00 7764 73,547 39.80 November 2018 Roche 454 [50]

TCC VI 87.06 1236 264,196 51.70 May 2018 Illumina + PacBio [55]
CL Brener VI 89.94 32,746 14,669 51.70 July 2005 Sanger [42]

BNEL VI 32.53 41 870,934 43.94 December 2015 Sanger [58]
BEL VI 32.53 41 870,934 40.35 December 2015 Sanger [58]

T. c. marinkellei
B7 strain

— 38.65 23,154 2846 50.90 October 2012 Roche 454 + Illumina [51]

Moreover, it was demonstrated that transcriptomic data may be useful to correct and re-annotate
previous assembled genomes. Besides, in the case of Sylvio X10/1, RNAseq data was used to improve the
previous genome annotation showing that 79.95% of the genome corresponds to the coding sequence,
while the previous genomic analysis established only a 37.73% [57]. These results also suggested that
the haploid genome for Sylvio X10/1 may be higher than previously reported (at least 51 Mb).

In the NCBI the reference genome is the hybrid CL Brener genome of 2005 [42,58] and presently
many researchers rely on this information. CL Brener is a hybrid strain, where their homologous
chromosomes presented different length and genetic content. Furthermore, this strain was separated
in two haplotypes, named as Brener Esmeraldo-like and Brener Non-Esmeraldo-like, which genomes
are also deposited in databases. Full length chromosome sequencing was performed with this hybrid
strain, using a combined strategy based on bacterial artificial chromosome (BAC) ends sequencing and
synteny maps with T. brucei [58], obtaining 41 virtual chromosomes (Table 1). Despite the continuous
re-annotations of these genomes, they are far from being the best reference considering all the new and
more completed genomes obtained with current techniques of long and short-read sequencing as Y [47],
Bug2148 [53], Berenice [54] or Dm28c [55] strains. Therefore, we need to pose again which genome
is appropriate as a reference for T. cruzi research and if the existence of just one genome reference is
useful due to the high heterogeneity of the parasite. Moreover, and more importantly, some of the
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different DTUs of T. cruzi showed relevant differences in pathogenicity in mice [6]. This forces us to
understand the differences at a genomic level and each strain would need a specific genomic analysis.
Also, this high pathogenic, biological, and genetic diversity of the T. cruzi strains, even within DTUs,
suggests that DTUs might not be a definitive form of classification, and it was hypothesized if T. cruzi

could be a complex of species rather than a unique specie [59].

4. Genetic Diversity and Genome Structure of T. cruzi

4.1. Ploidy

Different studies confirmed the complexity of the T. cruzi genome, with different chromosome
lengths between clones of the same strain, strains of distinct DTUs, or strains of the same DTU [26,28].
However, ploidy or chromosomal copy number variation (CCNV) analysis in this parasite could not
be studied until the arrival of the Next Generation Sequencing (NGS) approaches.

Aneuploidy was studied in detail in Leishmania, whose “mosaic aneuploidies” are ploidy
variations between isolates from the same strain and even between individual cells from the
same population. These aneuploidies are related to drug resistance, gene expression regulation,
or host adaptation [60–62]. Otherwise, in T. brucei a ploidy stability exists, including the subspecies
T. b. gambiense and T. b. rhodesiense [63].

Regarding T. cruzi, the CCNV analysis depends on the quality of the assembled reference genome.
Studies including strains of different DTUs revealed that as in Leishmania, the aneuploidy pattern varies
among and within strains and DTUs [26]. However, the used reference genome was from CL Brener,
which is not the most completed genome that we have in databases. Despite this limitation, it was
concluded that the strains from DTU I seem to be more stable, while the strains from DTUs II and III
present a high degree of aneuploidies as monosomies, trisomies, or tetrasomies [64].

These results suggest that the aneuploidies events could be used by T. cruzi to expand their genes
and promote alterations in gene expression, something that may be critical for parasites that depend
on post-transcriptional mechanisms to control gene expression. Although aneuploidies are mainly
associated with debilitating phenotypes in many eukaryotes, they may be involved in species-specific
adaptations during trypanosomatid evolution, affecting, for example, multi-gene families that are
critical for the establishment of a productive infection in the mammalian hosts [65].

4.2. Genome Composition

Besides the different mechanisms to control gene expression such as polycistronic transcription,
RNA editing, nuclear compartmentalization, or trans-splicing [66,67], T. cruzi presents genomic
plasticity and an unusual gene organization among strains. Tandemly repeated sequences take up
more than 50% of the T. cruzi genome and, although the parasite is considered a diploid organism,
it presents variations in chromosome number and aneuploidy arrangements between strains and
clones of the same strain [26,56,68].

The genome plasticity of T. cruzi is related to the genetic composition and a compartmentalization
in two principal large regions of protein-coding genes was established. The first one is the core
compartment, where we can find highly conserved genes with known function and genes without
an assigned function typically annotated as hypothetical conserved genes that present synteny
conservation with other species such as Leishmania major and T. brucei. The second one is the
non-syntenic disruptive compartment, which is mainly composed by genes that evolve constantly,
such as those that belong to surface multi-gene families (trans-sialidases, MASPs, or mucins). Both core
and disruptive compartments show opposite G+C content and gene organization, with high differences
in their regulatory sites [26,55].

T. cruzi genome is formed by three types of DNA. (1) Coding sequence of single-copy genes
that are conserved between strains and species. (2) Coding sequence of multi-copy gene families,
such as surface proteins or virulent factors. (3) Non-coding sequences and repetitive sequences, such as
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tandem repeats, retrotransposable elements and short repeat elements, which represent more than
half of the genome affecting the methods of short-read sequencing above all as we explained before.
Interestingly, around 50% of the genetic content of T. cruzi has unknown functions [47], which correlates
with proteome studies of CL Brener, Dm28c, Y, and VFRA strains [69–72] in which around 40–50%
of total proteins were of unknown function. This indicates how much we do not know yet about
T. cruzi biology.

Regarding the single-copy genes, it was estimated that T. cruzi has more than 215 of these genes [54].
Although in the hybrid strains these genes might be underestimated according to previous results [47],
due to the conservation of these genes and the apparition of new variations. Recent results in Y and
Bug2148 strains confirmed this theory, with 183 and 400 detected single-copy genes, respectively [47].
The identification of these genes may help to understand the differential behaviors among strains as
different pathogenicity, immune evasion, or life cycle.

4.3. Telomeric Regions

Telomeric and sub-telomeric regions in T. cruzi are sites of frequent DNA recombination that
generate extensive genetic variations [73]. Therefore, they present a continuous evolutionary
process. This concerns the relative abundance and organization of different genes, such as
trans-sialidases, DGF-1 (dispersed gene family 1), RNA-helicases, RHS (retrotransposon hot spot
genes), and N-acetyl-transferases [74,75]. In other protist parasites, as T. brucei or Plasmodium falciparum,
sub-telomeric regions also present an important role in events of antigenic variation [76,77].
Trans-sialidase-like genes were located close to telomeric regions in T. cruzi, which generates new
gene variations through non-homologous recombination. It was suggested that double-strand breaks
produced in the sub-telomeric regions by retrotransposon nucleases are repaired by homologous
recombination, but when the repair includes non-homologous chromatids there is a possibility to
generate new gene variants [73]. This mechanism could contribute to the immune evasion of the
parasite. Technically, it could also contribute to the collapsed assemblies of repetitive regions in
sequencing. These sequences, the tandem repeats and/or other short repetitive genomic motifs,
which correspond to telomeric and sub-telomeric regions, may produce an increment of fragmented
genomes in T. cruzi, in comparison with other related species as Leishmania or T. brucei.

4.4. G + C Content

The %G + C is an indirect measure of the complexity of the genomes. Regarding the core
and disruptive compartments of T. cruzi, they present a different content of G + C. While the core
compartment has a 48% of G+C, the disruptive compartment has a 53%. In fact, it was hypothesized that
genes with elevated recombination probability and constant evolution present high levels of guanines
and cytosines [78,79]. We demonstrated in Y and Bug2148 strains that trans-sialidase-containing
contigs (including pseudogenes) have a slightly higher %G + C content [47], suggesting that previous
assemblies collapsed by repetitive sequences as those enriched in G+C [75,80]. These studies confirmed
that variations in the %G + C were correlated with specific telomeric repeats described for T. cruzi,
as the hexameric repeat TTAGGG and poly Ts structures [75,80]. Furthermore, in mammalian cells the
%G + C content was correlated with mRNA expression, being the G + C-rich genes those with more
efficient expression [81].

4.5. Replication Origin

Chromosomes of eukaryotic organisms are replicated from hundreds to thousands of DNA
replication origins (ORIs), which are specified by the binding of the origin recognition complex (ORC).
ORIs were mapped in T. brucei by marker frequency analysis sequencing (MFA-seq) coupled to ChIP
analysis of the ORC [82]. These studies displayed that all mapped T. brucei ORIs are located at the
boundaries of the transcription units. This was also detected in another specie as Leishmania major,
where replication initiation sites are close to the genomic locations where the RNA pol II finishes,
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suggesting a strong correlation between the transcription kinetics and the replication initiation [83].
These studies also revealed more than 5000 potential sites of ORIs by SNS-seq techniques (Small nascent
strand purification coupled with deep sequencing). However, another study detected by MFA-seq
just one origin per chromosome in Leishmania major [84]. This happens because MFA-seq might detect
mainly constitutive origins, while SNS-seq techniques may not reflect the frequency of origin activation,
since these techniques might also identify flexible and/or dormant origins. Considering all those
results, the complete replication of the genome in T. brucei and Leishmania major may require not merely
constitutive ORIs that are fired in every cell cycle, but also further flexible and/or dormant ORIs,
which cannot coincide with ORC binding and are fired stochastically [85].

Regarding T. cruzi, the ORIs of CL Brener strain were recently analyzed by MFA-seq [86],
mapping 103 and 110 putative consensus ORIs in each haplotype of this hybrid strain. Moreover,
the analysis displayed that some replication initiation sites map to the borders of the transcription units,
as in Leishmania major and T. brucei. Interestingly, the majority of the putative predicted ORIs presented
a great abundance within coding DNA sequences and showed a great G + C content enrichment
(65% of average), while the genomic regions had a maximum of 54%. Also, another analysis with the
same strain of T. cruzi by DNA combing, which can detect any replication initiation event (including
constitutive, flexible and dormant origins, but without reference to genome location), displayed a
median inter-origin distance of 1711 kb [87].

Considering the chromosomal location, while some ORIs of T. cruzi are located in non-transcribed
regions as those seen in T. brucei and Leishmania major, many others are strategically localized at
sub-telomeric regions (with a strong focus on DGF-1 genes), where they can produce genetic variability
of multi-gene families [86]. The transcription orientation toward telomeres suggests that the abundance
of putative ORIs in sub-telomeric regions produces head-on transcription-replication collisions since
the replisomes go toward the centers of the chromosomes. These results suggest that collisions between
DNA replication and transcription are recurrent in the T. cruzi genome and produce genetic variability,
as suggested by the increase in SNP levels in the sub-telomeric regions and the DGF-1 genes containing
putative ORIs [86].

5. Transcription of T. cruzi

Transcription in T. cruzi is polycistronic. Protein-coding genes are organized into non-overlapping
clusters on the same DNA strand sometimes with unrelated predicted functions and separated
by relatively short intergenic regions. Polycistronic transcripts are processed to produce mature
mRNAs [88]. T. cruzi gene clusters can range from 30 to 500 kb separated by divergent or convergent
strand-switch regions, or in a head-to-tail orientation whereby transcription terminates and then
restarts from the same strand [57,89].

These strand-switch regions present a different nucleotide composition compared to the rest of the
genome and a higher intrinsic curvature associated with transcriptional regulation [90]. In both T. cruzi

and T. brucei canonical signals for RNA polymerase II promoters have not already been identified,
except for the genes encoding the spliced leader (SL) [91]. In trypanosomatids, the transcription start
sites and histone variants implicated in the transcription initiation process were described mainly
at the divergent strand-switch regions [92,93]. Otherwise, the convergent strand-switch regions
contain preferentially sites of transcription termination as well as RNA polymerase III transcribed
tRNA genes [94].

Up to hundreds of genes are transcribed at the same time by the RNA pol II in large Polycistronic
Transcription Units (PTUs). The final mRNA maturation occurs by trans-splicing and polyadenylation
processes (Figure 2). The trans-splicing is a special form of RNA processing by which two mRNAs
encoded in different genome locations react to constitute a unique transcript [95]. In T. cruzi it consists
of the insertion of a sequence of 39 nucleotides in the 5′ of each transcript, known as mini-exon or SL.
This SL is transcribed from a tandem array as a precursor of around 140 nucleotides and is the target
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for the capping modification. The insertion of this Cap-SL gives stability to the mRNA and causes the
excision of each mRNA of the PTU allowing the final polyadenylation [88,96].

’

–
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Figure 2. Transcription process of T. cruzi. RNA polymerase II produces polycistronic RNAs that are
modified by trans-splicing and polyadenylation. The final mature mRNAs contain the Cap with the SL
and the poly A tail. SL: spliced leader.

The AG dinucleotide was described as the consensus sequence for the SL trans-splicing in
T. cruzi [57], Leishmania major [97] and T. brucei [98]. However, small differences were detected
between all of them in the nucleotide composition surrounding the AG dinucleotide, suggesting that
different specific mechanisms are involved in the mRNA maturation among these species. For example,
considering the first residue before the AG dinucleotide, the most probable in T. cruzi is an adenine,
as in T. brucei, while in Leishmania major is a cytosine. Also, at position -4 a guanine is the most
probable nucleotide in T. cruzi and Leishmania major, in contrast to T. brucei where a poly T tract
starts and continues up to 50 nucleotides upstream. Interestingly, this pyrimidine enrichment is one
of the principal differences between these trypanosomatids. In T. cruzi and T. brucei this C-T pattern
is conserved just in the upstream 5′ region, while in Leishmania major represent about the 70% of
the nucleotides upstream and downstream the AG dinucleotide. Besides, whereas the downstream
region in T. cruzi is composed of purine nucleotides (A–G) up to 60%, in T. brucei A-T dinucleotides
are the most frequent bases, indicating that T. cruzi and Leishmania major transcripts present a more
proportional nucleotide composition than T. brucei.

The AAUAAA polyadenylation signal of eukaryotes is not present in trypanosomatids.
Recent studies published by our group demonstrated that T. cruzi shows a single nucleotide that seems
to be the most probable signal of polyadenylation start, being cytosine the most frequent nucleotide
(45.3%) and thymine the less frequent (6.79%) [57]. This differs from other trypanosomatids species,
as Leishmania major and T. brucei that presents a AA dinucleotide [97,98] as the most probable signal for
polyadenylation. Furthermore, the surrounding genomic regions are also different. Whereas T. cruzi

displays an abundant thymine composition in the upstream region, and a higher T-A composition in
the downstream, Leishmania major shows a more variable sequence composition in both upstream and
downstream regions, and T. brucei a uniform pattern in both extremes composed by T-A nucleotides.
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These results suggest that the mRNA maturation processes in T. cruzi may differ notably from
Leishmania major and T. brucei.

Genes in trypanosomatids do not have promoter regions to regulate gene expression and
their regulation is mainly at the post-transcriptional level, with a key role of the 3′ UTR regions.
The principal mechanisms of regulation are the stability or instability of the transcripts, gene duplication,
histone regulation, and translation efficiency [96,99]. Therefore, despite the genes of the same polycistron
are transcribed in an equal proportion, differences in their expression were detected in distinct life cycle
stages or growth conditions [97,98,100]. This could explain the selection of highly repetitive sequences
in the parasite through evolution [46,101,102] by the aggregation of tandem repeats, retrotransposons,
and repetitive short sequences in chromatin remodeling [103].

However, the concrete mechanisms involved in the regulation of the gene expression in T. cruzi are
still unknown and were not further studied as in other species, such as Leishmania or T. brucei [104,105].
In this last specie, for example, it was demonstrated that in heat-shock conditions the genes close to
the transcription initiation sites are down-regulated, while genes in a distal position increase their
expression [106].

6. Principal Multi-Gene Families of T. cruzi

T. cruzi possesses several multi-gene families, some with hundreds of members, which contribute
to the repetitive nature of the parasite’s genome, such as the retrotransposons or the tandem repeats.
Most of these multi-gene families code for surface proteins, which play different key roles in the T. cruzi

life cycle, from the establishment of an effective host-cell interaction and invasion until the protection
against the host immune system. Furthermore, these multi-gene families present a huge expansion
and constant evolution that produces a great diversity among strains [107].

Therefore, many efforts to unravel the structure, distribution, and functions of these multi-gene
families were made. Several groups identified in the disruptive compartment of the T. cruzi genome
multi-gene families as trans-sialidases (TSs), mucins and MASPs, whereas RHS, GP63 and DGF-1
families were located in both disruptive and core compartments [55]. Copy numbers of these multi-gene
families in the genomes of strains of T. cruzi and B7 strain of T. cruzi marinkellei are displayed in Figure 3.
According to data, and considering all strains as whole, the most expanded multi-gene family is the
TS family, following by MASPs, RHS, mucins and DGF-1, although this is not so for all strains with
available genomes. There is a high variability among strains that may be related to a strain-specific
genetic profile, the accuracy of the assembled genomes, and the genomic plasticity. This produces a
great diversity that could explain the different infection kinetics, virulence and/or immune responses
that were detected between T. cruzi strains [6,7,108].

Here, we focus on the principal multi-gene families in terms of diversity, abundance and function
that belong to the disruptive compartment of the T. cruzi genome: TSs, mucins and MASPs.
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Figure 3. Genome copy number of the most abundant multi-gene families of T. cruzi and the B7
strain of T. cruzi marinkellei. BNEL: CL Brener Non-Esmeraldo-like; BEL: CL Brener Esmeraldo-like;
DGF-1: Dispersed Gene Family 1; GP63: Glycoprotein 63; MASP: Mucin-Associated Surface Proteins;
RHS: Retrotransposon Hot Spot genes.

6.1. Trans-Sialidase (TS) Family

The membrane of parasites as T. cruzi, T. brucei, or Trypanosoma rangeli (T. rangeli) is covered by
many surface proteins, and most of them are TS or TS-like proteins that are critical for the interactions
with the exogenous environment. The TS family is much smaller in T. brucei than in T. cruzi, and it
is absent in Leishmania major [42,46,109]. In T. cruzi, TS members are localized on the membrane
surface of metacyclic, bloodstream trypomastigotes, and intracellular amastigotes and are involved
in host-parasite interaction processes [110–113]. They can present a glycosylphosphatidylinositol
(GPI) anchor, although this can be removed by the action of a phosphatidylinositol phospholipase C,
and then TSs can be released into the bloodstream. TSs are mainly distributed along the flagellum,
cell body, and flagellar pocket of the parasite as mucins [114,115].

It is the largest family in T. cruzi considering all strains and all their members share the
VTVxNVxLYNR motif [116], although some of them present a degeneration of this motif. The first
estimates based on the CL Brener genome displayed that the TS family had around 1430 members and
639 pseudogenes [42,112,117] and subsequent studies with strains as Y, Dm28c, TCC or Sylvio X10/1
obtained similar numbers. However, Bug2148 strain displayed 2325 copies [47], almost the double,
which could be caused by the hybrid origin of the strain, although the percentage of TS genes with
respect to the total of the genetic content is very similar to other strains. Moreover, many TSs are
found near the telomeric and sub-telomeric regions, which may cause collapsed assemblies and lead to
under or over-representations of the genes. This implies that part of the TS expansion is due to their
chromosomal location as we explained before. The other reason is the host immune system pressure
to which the TSs are exposed [75] since they are targets of both humoral and cell-mediated immune
responses [112].

The best-characterized function of this family is the trans-sialidase catalytic activity, which was first
described in 1980 [118]. Posterior studies demonstrated that T. cruzi is unable to synthesize their own
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sialic acids and uses the TSs to incorporate sialic acids from host-cell sialoglycoconjugates to acceptor
molecules of their membranes as mucins [119–124]. This sialylation confers a negatively charged
coat that protects the trypomastigotes from being killed by human anti-α galactosyl antibodies [125].
A neuraminidase was described in TSs, although it is only active when suitable Gal acceptors are
present. It was suggested that this neuraminidase activity just represents around 5% of the total activity
of the TS enzyme [126].

Other studies suggest that the TS activity has a key role during the T. cruzi infection for parasite
survival and the establishment of an effective infection [127]. TSs can interact with different cells
from the mammalian hosts, as thymocytes, CD4+ and CD8+ T cells, B cells, cardiac fibroblasts,
endothelial cells, platelets, neurons, and Schwann cells [117]. However, the critical residues that
are necessary for the catalytic activity were identified just in a few genes and other roles related to
host-ligand interactions and immune regulation were proposed [110,116]. Therefore, renaming this
protein family would be advisable since not all their members have TS activity.

Genes encoding TS or TS-like genes were first classified into four groups according to their
sequence similarity and functional properties [112,128,129] (Figure 4). TSs of the group I have
trans-sialidase and/or neuraminidase catalytic activities [130] and were described in T. rangeli too [131].
Interestingly, T. rangeli lacks the trans-sialidase activity, retaining only the sialidase [132]. Some of the
group I members in T. cruzi were the SAPA (shed acute-phase antigen), TS-epi, and TCNA (T. cruzi

neuraminidase) proteins [116,129], which have active trans-sialidase and neuraminidase activities and
are expressed in trypomastigotes [133] (except TS-epi, which is expressed and active in epimastigotes).
Both SAPA and TCNA have an N-terminal catalytic region and a C-terminal extension with a tandem
repeat of 12 amino acids (SAPA repeats), which consensus sequence is DSSAH [S/G]TPSTP [A/V],
and a GPI anchor [134]. Conversely, TS-epi lacks the SAPA repeats and the GPI anchor [135].

 

– –
–
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Figure 4. First classification of TS members. Four groups were described according to their sequence
similarity and functional properties. The structure and functions of each group are displayed as well as
the known members with their host and parasite-stage in which they are expressed. BT: bloodstream
trypomastigotes; A: amastigotes; MT: metacyclic trypomastigotes; E: epimastigotes.

TSs of group II are expressed in trypomastigotes and intracellular amastigotes and were also
described in T. rangeli [136]. This group comprises members of the so-called GP85 glycoproteins
(ASP-1, ASP-2, TSA-1, Tc85, SA85, GP82, and GP90 among others) [137] which are related to
host-cell attachment [138–142], strong antibody responses in mice and humans [143–145] and T. cruzi
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internalization and invasion [141,146–148]. They shared with the TSs of group I, apart from the common
TS motif VTVxNVxLYNR, the motifs known Asp-box (SxDxGxTW) and the C-terminal GPI anchor.

Group III is formed by TSs found in bloodstream trypomastigotes as CRP, FL160, CEA,
and Trypomastigote Excreted-Secreted Antigens (TESA), which can inactivate both the classical
and the alternative pathways of the complement system protecting the parasite from lysis [149–151].
In addition, the TS group IV have TSs with the characteristic motif VTVxNVxLYNR, but with
unknown functions.

However, a study of 2011 with the CL Brener strain established a different classification in
eight groups by a sequence cluster analysis [110]. The sequence structure of this classification is
displayed in Figure 5. The TSs of each group are defined by specific motifs and show specific
activities, being the groups II and V those with more members (around 70% of the TSs in the study).
Nevertheless, in databases many members of the TS family are annotated in the T. cruzi genomes only
as trans-sialidase, without the group they belong to, making more difficult to work with this type of
complex sequences.

 

Figure 5. Classification of 2011 of TS members according to a sequence cluster analysis. Each group is
defined by specific motifs. Logos of each Asp-box and canonical TS motifs are displayed. Adapted
from Freitas, L. M. et al., 2011 [110].
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Interestingly, phylogenetic analysis with several species of the T. cruzi clade and T. brucei showed
that the variability of the TS-like sequences seems to be consistent with the aggrupation into eight
groups. The detection of each TS group in each specie is displayed in Table 2. Group I TSs were
found in all the species, in which two clades were established: the T. brucei clade with TSs of T. brucei,
T. congolense, and T. vivax among others, and the T. cruzi clade with TSs of T. cruzi, T. c. marinkellei

and T. conorhini among others [107]. It is important to remember that the TSs of group I are active
catalytically, therefore it might be possible that other species just require this type of enzymatic function
for their viability, while T. cruzi needs more TSs with other functions as interaction with host-cell
ligands or immune evasion. Furthermore, other studies revealed that sialidases/sialidase-like proteins
similar to all T. cruzi TS groups exist in T. rangeli, although this parasite exhibits fewer members of the
trans-sialidase/sialidase family than T. cruzi [152,153]. TSs of group II that belong to different DTU
strains were also analyzed in a new phylogenetic tree [113]. The results clustered together strains of
the same DTU suggesting that TS group II genes might be used as markers for T. cruzi genotyping.

Table 2. Presence of at least one member of each TS group in different Trypanosoma species.

TS Groups of T. cruzi

Group
I

Group
II

Group
III

Group
IV

Group
V

Group
VI

Group
VII

Group
VIII

T. c. marinkellei ✓ ✓ ✓ ✓ ✓ ✓ ✓ ✓

T. rangeli ✓ ✓ ✓ ✓ ✓ ✓ ✓ ✓

T. conorhini ✓ ✓ ✓

T. dionisii ✓ ✓

T. evansi ✓

T. congolense ✓

T. vivax ✓

T. grayi ✓

T. carassii ✓

Trypanosoma
species with
TS sequence

similarity

T. brucei ✓

In this classification of eight groups, SAPA, TCNA, and TS-epi that are active TSs belonging to
the previously defined group I, clustered together in the new group I, in which not all the members
displayed the catalytic sites. ASP-2, Tc85, SA85, GP82, and GP90, which belonged to the previously
defined group II and are related to host-cell attachment and invasion, were also classified in the new
group II. In addition, finally, FL160 and other TSs involved in the complement system inhibition of the
previous group III, clustered in the new group III too.

Regarding the common motifs in these TS groups, all of them have the canonical TS motif
(VTVxNVxLYNR), although some variations exist (Figure 5). In fact, there is a small motif (FLY) inside
the sequence that can act as a virulence factor [154], and it is only present in group II above all and group
IV suggesting a host-cell attachment role in these groups. The Asp-box, previously described in viral
and bacterial sialidases as SxDxGxTW [155], appears in some TSs of groups I, II, IV, V, and VI with some
variations from the consensus sequence. Most of these TSs have one or two Asp-box, but a few displayed
three. The function of this motif in T. cruzi remains unknown although it was hypothesized that TSs
with these Asp-box could be more capable of binding carbohydrate molecules. The FRIP motif (with the
pattern xRxP), which is located upstream the Asp-boxes and involved in binding the carboxylate group
of sialic acid [156], was found in groups I, III, IV, VII, and VIII. This implies that although some TSs of
these groups are enzymatically inactive, they still preserve carbohydrate-binding properties that could
be important for the interaction with the host-cell [157,158]. Finally, tandem repeats, as SAPA repeats,
were only found in groups I and IV. Interestingly, this classification forms three different patterns of
motif occurrence. Groups I and IV have the most complex structure with all the previously described
motifs, despite a few variations in the tandem repeats and the VTVxNVxLYNR motif. Groups II, V,
and VI have only the Asp-box and the VTVxNVxLYNR motifs, and groups III, VII, and VIII contain
only the FRIP and the VTVxNVxLYNR motifs.

A recent study evaluated the presence of each group in different T. cruzi strain genomes [47].
Considering these results and the new genomes of Dm28c and TCC (Figure 6), the TS group V is
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the most expanded, with the only exception of Sylvio X10/1 strain. TS group V was associated with
antigenic variation allowing the adaptation of the parasites to the host environment [110]. TS group II
is the second most abundant cluster, which contains trans-sialidases with host-interaction functions,
and TS group I is the most expanded just in Sylvio X10/1 strain. Interestingly, TS group I that have the
enzymatically active trans-sialidases, is much less abundant as predicted among strains. TS group
III contains trans-sialidases that inhibit the complement pathways, and the different percentage of
these trans-sialidases between strains could explain their different sensibility to the complement lysis.
Finally, TS groups IV and VII are the less expanded, being absent in some strains as Sylvio X10/1, B7,
or Dm28c. Therefore, this fact, in addition to the distinct distribution of Sylvio X10/1, could be caused
by the quality of the assembled genomes and/or the annotation of them, being impossible to discard
the presence of those TS groups or a few differences in the percentage of each TS group among strains.

Figure 6. TS group distribution in genomes of different strains of T. cruzi and B7 strain of T. cruzi 

′

Figure 6. TS group distribution in genomes of different strains of T. cruzi and B7 strain of
T. cruzi marinkellei. The percentage of each TS group is displayed. BNEL: CL Brener Non-Esmeraldo-like;
BEL: CL Brener Esmeraldo-like.

6.2. Mucins

This is the most expressed family in the T. cruzi membrane and the fourth largest gene family,
although 25% of them are non-functional pseudogenes [47,159]. Mucins that bear a dense array of
oligosaccharides O-linked to serine and/or threonine residues, have two main functions: to protect
the parasite from the defensive mechanisms of the host and to ensure the attachment and invasion
of specific host cells [160]. These proteins are the principal acceptors of sialic acid in the parasite
membrane [161] and they were classified in two subfamilies (TcMUC and TcSMUG) according to
structural and biological criteria [162,163]. TcMUC proteins are only expressed in the mammalian stages
of the parasite and TcSMUG in the insect-dwelling forms [160,164,165]. TcMUC proteins displayed
more diversity than TcSMUG proteins and this is associated with their chromosome localization near to
the telomeric regions and the immune system pressure that they suffer in the mammalian hosts [47,165].

TcSMUG (T. cruzi small mucin-like genes) subfamily is composed of two groups of genes,
named L (large) and S (small), with differences in the genomic structure [166]. Considering the coding
region, sequences of TcSMUG S and TcSMUG L display > 80% identity. TcSMUG S genes were
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identified as the backbone for the GP35/50 mucins that are expressed in the insect-dwelling stages [167].
GP35/50 mucins in metacyclic trypomastigotes bind to target cells to induce a bidirectional Ca2+

response which can contribute to the cell invasion [146]. However, the role of GP35/50 mucins in
the epimastigotes is associated with protection against proteases of the insect intestinal tract [168].
Interestingly, TcSMUG S members, unlike TcSMUG L ones, are acceptors of the sialic acid residues
that the TSs transferred to the parasite membrane. Otherwise, TcSMUG L products might be
involved in the attachment to the luminal midgut surface of the vector and are exclusive of the
epimastigote form [165,169]. Finally, some researchers saw that the expression of TcSMUG genes is
post-transcriptionally regulated by AU-rich motifs of the 3′ UTR that recruit proteins to modulate the
stability and translation efficiency of the mRNAs [166,170].

TcMUCs are subclassified in TcMUC I, II, and III genes. Interestingly, mucins from bloodstream
trypomastigotes are called tGPI mucins and they suffer sialylation of their O-linked oligosaccharides
by the TSs. These tGPI mucins are highly heterogeneous due to the simultaneous expression of several
TcMUC I and II genes that display differences in their length, sequence, and structure of the attached
oligosaccharides [162]. TcMUC II genes are quantitatively predominant over TcMUC I genes for the
tGPI mucins [164].

TcMUC I members are more abundant in the amastigotes, whereas TcMUC II members are
predominant in membrane lipid rafts of the bloodstream trypomastigotes [115]. TcMUC proteins
contain a signal peptide, GPI anchor, and a principal central region. This central region has binding
sites for N-acetylglucosamine residues and is rich in threonines. These residues are targets for
the O-glycosylation and subsequent binding of sialic acid, which may explain why the mucins of
mammalian host stages (amastigotes and bloodstream trypomastigotes) show higher glycosylation
than those expressed by the epimastigotes [160]. A proportion of the TcMUC II genes are linked in the
polycistronic transcription to TS genes [163,171].

In this central region TcMUC I genes have a short hypervariable (HV) section and many tandem
repeats of the canonical Thr8-Lys-Pro2 sequence, although some degenerations in this sequence were
described. Otherwise, TcMUC II genes have a central region with a long HV section and a few
tandem repeats that are still rich in Thr and Pro. Some studies suggest that the TcMUC II genes have
evolved from TcMUC I genes or vice versa. The common ancestor could be either a TcMUC I gene,
which suffered a progressive expansion and diversification of its HV section or a TcMUC II gene which
experienced an amplification of their original tandem repeats [163].

There is another type of mucin-like protein named TSSA (Trypomastigote Small Surface Antigen)
that belongs to the TcMUC family and is present in the bloodstream trypomastigote membranes.
TSSA is encoded by a single-copy gene and seems to have a role in the invasion of the host-cell as an
adhesion molecule [172]. Also, it was one of the first immunological markers to allow discrimination
between lineages. TSSA forms the called TcMUC group III and, unlike TcMUC I and II genes,
it apparently does not display a Thr rich region [173]. Sequence analysis showed a high content of Ser
and Thr residues and several signals for O-glycosylation [174]. However, another study described
TSSA as a hypoglycosylated molecule [175], therefore further research is needed to elucidate its glycan
composition and structure.

6.3. MASPs

MASPs (Mucin-Associated Surface Proteins) have a structural similarity to TcMUC II proteins
and their expression seems to be up-regulated in mammal-dwelling stages [71]. They are the second
largest gene family in the T. cruzi genome and received that name from their cluster position among
large TS and mucin gene groups. MASPs are characterized by highly conserved N- and C- terminal
domains, a GPI anchor, and a variable and repetitive central region [176].

According to some studies the MASP family constitutes about 6% of the parasite haploid genome
and comprises between 500 and more than 1000 members varying among strains [47,55]. As in the
TS family, the hybrid strain Bug2148 displays around the double of genes that Dm28c, Sylvio X10/1,
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or Y strains. The high variability of this family is not only due to the telomeric location of some of their
members, and some researchers suggested that other mechanisms may exist. The high conservation
of some motifs of the UTR sequences of these genes could contribute as sites for homologous
recombination. It was suggested that one of the main mechanisms could be the retrotransposition
by mobile elements of the TcTREZO type, specific of this gene family with its insertion sites at the
conserved 5′ and 3′ ends [177].

MASPs have sites for both N- and O-glycosylation which undergo extensive post-translational
modifications and were detected in trypomastigotes, amastigotes, and epimastigotes [178]. However,
they seem to be overexpressed in the infectious stages (metacyclic and bloodstream trypomastigotes) and
a critical role in the invasion process favoring the endocytosis was suggested. Other researchers have
speculated that changes in the repertoire of MASP antigenic peptides could contribute to the evasion of
the host immune system during the acute phase of Chagas disease [179]. Otherwise, antibodies against
a specific MASP member can produce a decrease in the parasite internalization. MASP overexpression
in the amastigote membrane before the binary fission suggests that some of these proteins play a major
biological role in the survival and multiplication of the intracellular amastigotes [180].

7. Conclusions

Genomic studies are essential for the understanding of the T. cruzi pathogenicity and biology.
The new sequencing technologies have contributed to improve the quality of several genomes of
different strains and to elucidate the broad genetic diversity and complexity of this parasite. In this
regard, the combination of long- and short-read sequencing methods may overcome the problems in
the genome assembly and annotation due to the high intrinsic genome complexity of T. cruzi. Therefore,
we need to wonder if the CL Brener genome is the best as reference in the databases, considering the
new genomes of other strains that were obtained with these sequencing methods that have improved
both assembly and annotation processes.

The study of the different repetitive sequences, recombination processes, and gene expansion
events of the T. cruzi genome shows that genome plasticity plays a key role as a survival strategy
during the life cycle of the parasite. Therefore, further research is needed to understand these relevant
processes of the parasite biology.

Regarding the principal multi-gene families of T. cruzi, this parasite presents a wide variety of
surface proteins with important roles in its life cycle. Due to the fact of genome plasticity, these
multi-gene families have suffered an expansion and constant evolution that have increased the T. cruzi

ability of adaptation, survival, and infection of both insect and mammalian hosts.
Altogether, the recent advances in trans-sialidases, mucins, and other multi-gene families can

positively increase the current knowledge of host-parasite interactions and will allow the design of
effective drugs against the Chagas disease. However, due to the genome complexity of the parasite
more studies to unravel the specific structure and functions of those proteins will be needed. In this
regard, high-throughput technologies will be useful to establish the development and evolution of
multi-gene families of T. cruzi.
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Abstract: Retrotransposon Hot Spot (RHS) is the most abundant gene family in Trypanosoma cruzi,

with unknown function in this parasite. The aim of this work was to shed light on the organization
and expression of RHS in T. cruzi. The diversity of the RHS protein family in T. cruzi was demonstrated
by phylogenetic and recombination analyses. Transcribed sequences carrying the RHS domain were
classified into ten distinct groups of monophyletic origin. We identified numerous recombination
events among the RHS and traced the origins of the donors and target sequences. The transcribed
RHS genes have a mosaic structure that may contain fragments of different RHS inserted in the target
sequence. About 30% of RHS sequences are located in the subtelomere, a region very susceptible to
recombination. The evolution of the RHS family has been marked by many events, including gene
duplication by unequal mitotic crossing-over, homologous, as well as ectopic recombination, and
gene conversion. The expression of RHS was analyzed by immunofluorescence and immunoblotting
using anti-RHS antibodies. RHS proteins are evenly distributed in the nuclear region of T. cruzi

replicative forms (amastigote and epimastigote), suggesting that they could be involved in the control
of the chromatin structure and gene expression, as has been proposed for T. brucei.

Keywords: Trypanosoma cruzi; Retrotransposon Hot Spot (RHS) multigene family; chromosome
distribution; recombination; gene mosaic structure; evolution; nuclear protein

1. Introduction

The flagellate protozoan Trypanosoma cruzi is the etiologic agent of Chagas disease or American
trypanosomiasis, which affects 6–7 million people mainly in Latin America, with an increasing number
of cases in non-endemic countries such as Canada, the United States of America, and some European
countries [1]. When compared with other members of the genus Trypanosoma, the T. cruzi genome
was expanded, being 2.3-fold larger than that of T. brucei and T. rangeli. Repetitive DNA sequences
comprise about 52% of the T. cruzi genome [2–4]. The dramatic expansion and diversification of
repetitive sequences, particularly of multigene family encoding proteins, such as surface proteins
(TS (Trans-Sialidase), MASP (Mucin-Associated Surface Protein), mucins, gp63, Retrotransposon Hot
Spot (RHS), and DGF-1 (Dispersed Gene Family-1)) may have contributed to the speciation of the
T. cruzi taxon [2,5]. RHS proteins are coded by a multigene family found in the genus Trypanosoma.
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RHS refers to a hot spot for retrotransposon insertion within the RHS gene. When retrotransposons
are inserted in this site, they generate RHS pseudogenes carrying one or more retroelements flanked
by two separate halves of RHS [6]. Multiple RHS genes have been annotated in the genomes of
mammalian trypanosomes (African trypanosomes—T. brucei, T. congolense, and T. vivax; American
trypanosomes—T. cruzi, T. cruzi marinkellei, and T. rangeli; and cosmopolitan trypanosomes—T. theileri,
T. evansi, T. conorhini) and T. grayi isolated from reptiles.

RHS proteins were first identified in T. brucei and were classified into six subfamilies (RHS1 to
RHS6) based on the C-terminal region sequence [6]. The RHS proteins of T. brucei share a highly
conserved amino-terminal (N-terminal) region, while the carboxy-terminal (C-terminal) portion is
highly variable [6]. The N-terminal region has an ATP/GTP binding motif encoded by five codons
located upstream of the hot spot insertion site for the retrotransposons Ingi (an autonomous long
interspersed element—LINE) and RIME (a non-autonomous short interspersed element—SINE).
The pseudogene may be the result of homologous recombination between two RHS variants by
crossing-over involving the 5′ region upstream of the retroelement insertion site. Retrotransposon
insertion generates nonsense mutations or frameshifts within the coding sequence, resulting in
truncated RHS proteins [6].

The role of the RHS family has been investigated in T. brucei, and it has been suggested that RHSs
are involved in the control of the expansion of the retroelements in this organism [6,7]. Earlier studies
in T. brucei showed an increase in the level of RHS transcripts after the ablation of argonaute protein,
suggesting that the RHS family may be under the control of siRNA (small interfering RNA) [8]. High
throughput analysis of small non-coding RNAs showed that a large number of pseudogene-derived
siRNAs originated from pseudogene–pseudogene pairs, in which the major components were RHS
pseudogenes [9], and it has been hypothesized that RHS pseudogenes in T. brucei are a source of
antisense siRNAs, which regulate the expression of the RHS family. More recent studies proposed
that the RHS family could be involved in the chromatin modeling [10], transcription elongation, and
mRNA export in T. brucei [11].

Beyond an initial genomic analysis showing multiple RHS (gene) pseudogenes, little is known
about the organization, structure, and expression of these genes and their products in T. cruzi. In the
current study, we aimed to investigate the structure, evolution, and expression of the RHS multigene
family in T. cruzi. We also provide insights into the strategies used by T. cruzi for preserving complete
and functional RHS genes.

2. Material and Methods

2.1. Parasites

Trypanosome isolates used in this study were the T. cruzi clone CL Brener (CLB) (TRYCC426, [12],
and G strain [13]), T. cruzi marinkellei (TCC344), T. rangeli SC58 [14] and T. brucei rhodesiense YTAT
1.1. The epimastigotes of T. cruzi, T. cruzi marinkellei, and T. rangeli were grown in axenic cultures
at 28 ◦C in liver-infusion tryptose (LIT) medium [15] supplemented with 10–20% heat-inactivated
fetal calf serum. Procyclic forms of T. brucei rhodesiense YTAT 1.1 were cultured in a semi-defined
medium (SDM-79) supplemented with 10% heat-inactivated fetal bovine serum at 27 ◦C. T. cruzi

extracellular amastigotes were obtained by culture tissue trypomastigote differentiation in a LIT
medium, as previously described [16].

2.2. Identification of RHS Sequences in T. cruzi and T. cruzi marinkellei Genome Databases

The search for homologous RHS genes in the TriTrypDB and GenBank databases was performed
using the algorithms BLASTp, tBLASTn, BLASTx, and the presence of RHS domain architecture was
confirmed using rpsBLAST [17]. RHS transcripts of CLB were used as queries to identify homologous
sequences in other Trypanosoma species using the tBLASTn (e-value of 1 × 10−3) search program.
The retrieved sequences were evaluated for the presence of RHS domains with the rpsBLAST algorithm
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(e-value of 1 × 10−5) against the database of conserved domains [18]. An extra round of tBLASTn was
performed using found RHS sequences as a query to improve genome survey sensibility. Figure S1
shows the flowchart of this analysis. Sequence alignments were carried out with RHS of clone CLB
excluding truncated sequences. The nucleotide and amino acid sequences were aligned using the
MUSCLE program [19] and the poorly conserved regions were removed using the Gblocks program [20].

2.3. Classification and Phylogenetic Analyses of RHS

For these analyses, we selected RHS transcripts of the T. cruzi clone CLB [21]. Transcribed
genes were analyzed for the presence of RHS domains with the rpsBLAST algorithm using 1 × 10−5

e-value against the NCBI Conserved Domain Database (CDD) [18] (Figure S1). Sequences that showed
false-positive RHS domains and pseudogenes were excluded. In the phylogenetic analysis, the
global multiple alignment was carried out with the MUSCLE algorithm [19]. Phylogenetic trees were
generated using the “Maximum likelihood method” using the RaxML v 8.2.9 program [22], with an
automatic search for substitution models (PROTGAMMAAUTO) selected by the Akaike information
criterion (AIC) (auto-prot = AIC) information criterion, with 1000 bootstrap replicas. The phylogenetic
tree was visualized with the program FigTree V 1.4.2 [23].

2.4. Detection of Potential Recombination Events in RHS Sequences

The RHS sequences selected for the phylogenetic study were also used to identify recombination
events in the clone CLB using the RDP4 program (Recombination Detection Program) [24], which
allows the identification and statistical analysis of recombination events from a set of aligned sequences.
It uses non-parametric recombination detection methods (algorithms RDP, GENECONV, MaxChi,
Chimera, Bootscan, 3Seq, and SiSscan) to identify breakpoints in the genomic sequences where
recombination begins and ends, in addition to the donor parental sequences of the recombinant
fragment. For recombination events, sequences detected by at least 6 of the 7 algorithms in the RDP4
package were considered recombinant.

2.5. Expression and Purification of Recombinant RHS

An 877-bp fragment encoding a 292-aa region of the carboxy-terminal domain of the RHS
(TcCLB.511055.20) was amplified by PCR from CLB genomic DNA, cloned into pGEM-T, and sequenced
to confirm gene identity. Then, it was subcloned into pGEX-1λT to produce the RHS-GST fusion
protein as described by Martins et al., 2015 [24]. E. coli BL21 bacteria were transformed with the
RHS-GST construct, grown in LB medium, and protein expression was induced with 1 mM isopropyl
β-D-1-thiogalactopyranoside (IPTG). The RHS recombinant protein was extracted from the insoluble
fraction of bacterial lysates with Laemmli’s sample buffer and separated on 10% SDS-PAGE. The band
W to the recombinant protein was excised from the gel and extracted by dialysis against ammonium
bicarbonate and distilled water [24]. The purity of recombinant RHS was checked by SDS-PAGE
stained with colloidal Coomassie Blue and immunoblotting (Figure S2). Purified protein was quantified
with Coomassie Plus (Pierce, Thermo Fisher Scientific, Waltham, MA, USA) in 96-well plates at 620 nm.

2.6. Antibody Production, Western Blot, and Immunofluorescence Analyses

About two mg of the purified RHS recombinant protein were sent to Rheabiotech Research and
Development Laboratory, SP, Brazil, for the production of polyclonal anti-RHS antibodies in mice.
The specificity and reactivity of the anti-RHS antibodies were determined by ELISA and Western blot
assays using the recombinant protein RHS.

Epimastigotes (108 cells) of T. cruzi (clone CLB, strain G), T. cruzi marinkellei, and T. rangeli, and
procyclic forms (107 cells) of T. brucei were washed in PBS and lysed with 4 × Laemmli’s sample buffer,
and the extracts were subjected to SDS-PAGE (10% for separation gel and 3% for packaging gel) at
120 V for 45 min. Proteins were transferred to Hybond ECL membranes (Amersham, GE Healthcare
Life Sciences). For the Western blot reaction, the membrane was blocked in 1× PBS solution containing
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7.5% skimmed milk powder (PBS/milk solution) for 1 h at room temperature. The membrane was then
incubated with PBS/milk solution anti-RHS1 (dilution 1:500) for 1 h, at room temperature. Subsequently,
the membrane was washed three times (3 × 5 min) in PBS containing 0.05% Tween 20 (PBS/Tween
solution). Secondary antibodies (Sigma Aldrich) were incubated for 1 h at room temperature at a
dilution of 1:10,000. Bound antibody signals were amplified with ECL (Enhanced Chemiluminescence)
substrate (GE Healthcare) and luminescent bands visualized in an Alliance 2.7 photo documenter
(UVItec).

For indirect immunofluorescence assay, T. cruzi epimastigotes (107 cells) were harvested from the
culture medium, washed with PBS, and fixed with 2% paraformaldehyde in PBS for 15 min at room
temperature. Then, the parasites were washed with PBS and incubated with anti-RHS antibodies (1:1000
dilution) in the presence of 0.1% saponin and 1% PBS/BSA for 1 h at room temperature. The parasites
were washed once more with PBS and incubated for 1 h with an Alexa Flour 568 anti-mouse IgG
antibody raised in goat diluted 1:100 in 1% PBS/BSA and 1 mM DAPI (4′,6 -diamino-2-phenylindole,
Molecular Probes). Subsequently, epimastigotes were washed with PBS and the slides were mounted
using Glycerol-PPD (p-Phenylenediamine). Images were acquired with a TCS SP5 II TandemScanner
confocal microscope (Leica Microsystems, Wetzlar, Germany) using a 63 × NA 1.40 PlanApo oil
immersion objective and processed with Imaris software 7.0 (Bitplane).

3. Results

3.1. Mapping of RHS Sequences on the Chromosomes of Clone CLB of T. cruzi

Natural populations of T. cruzi reproduce predominantly by binary fission, therefore they exhibit a
clonal population structure [25–28]. However, the occurrence of hybridization has been demonstrated
in vitro [29] and also in natural populations of T. cruzi [28,30–36]. Based on several genetic markers,
T. cruzi isolates were classified into six discrete typing units (DTU) named lineages TcI to TcVI [37–39].
The isolates from lineages V and VI have a hybrid evolutionary origin from at least two hybridization
events between lineages TcII and TcIII [28,33,34,39].

The clone CL Brener (CLB) is a hybrid strain grouped in lineage TcVI, and sequence analysis
of its genome revealed the presence of two haplotypes [2], one of which has contigs similar to the
Esmeraldo strain of lineage TcII. The sequence divergence between the two haplotypes is 5.4% [2].
The genomic sequences generated in the Genome Project of T. cruzi clone CLB have been organized in
41 pairs of homologous chromosomes (TcChr), with the smallest having 77,958 bp (TcChr1) and the
largest 2,371,736 bp (TcChr41) [2,40,41]. Due to the hybrid nature of CLB, each pair of homologous
chromosomes consists of one homolog, which is an Esmeraldo-like-haplotype (S), and another
homolog, which is a non-Esmeraldo-like haplotype (P), totaling 82 in silico chromosomes (TcChr) [2,40].
A search for RHS sequences in the CLB genome deposited in the TriTrypDB database resulted in
525 RHS sequences (111 genes, 384 pseudogenes, 30 truncated sequences), which are distributed in
the haplotypes as follows: 48 complete genes, 177 pseudogenes, and 8 truncated sequences in the
Esmeraldo haplotype (S), and 63 complete genes, 207 pseudogenes and 22 truncated sequences in
the non-Esmeraldo haplotype (P) (Table S1). Besides these sequences, we found 42 complete RHS
genes, 175 pseudogenes, and 11 truncated sequences among the unallocated contigs, totaling 753 RHS
sequences in the CLB genome. RHS gene sizes range from 351 to 3014 bp. The estimated RHS content
of the CLB genome was 3,271,841 bp, comprising about 5.4% of the T. cruzi genome sequence.

The distribution of RHS sequences along the CLB chromosomes is shown in Figure S3. Among 82
chromosomes, three chromosomes, TcChr1-S, TcChr4-S, and TcChr34-S, did not show RHS sequences.
Larger chromosomes, such as TcChr40 and TcChr41, have predominantly RHS pseudogenes (Table S1),
suggesting that RHS and other repetitive sequences could be involved in the expansion of the
chromosome size. It is important to highlight that the total number of RHS sequences present in the
genome of the CLB may be even greater than that obtained in this analysis. When non-transcribed
sequences were included in our analysis, the total number of RHS sequences was larger than one

80



Genes 2020, 11, 1085

thousand, showing the presence of fragments dispersed in the genome, which are reminiscent of RHS
genes. These results reflect the complexity of the T. cruzi genome and RHS family [2,6,42]. The haploid
genome of T. cruzi is about 2- and 5-fold larger than that of T. brucei and Leishmania spp., respectively.
In addition, multigenic families (trans-sialidases, mucins, DGF-1, MASP, RHS, and GP63 proteases)
underwent a very pronounced expansion process in T. cruzi [2,3,6,42–44].

The frequency of RHS sequences in each chromosome of CLB was plotted as a heatmap in Figure 1,
and the proportion of total RHS length in each chromosome is shown in Figure S4. RHS sequences
comprise 0.34% to 6.14% of the entire length of each CLB chromosome. Overall, the frequency of
RHS was similar in most pairs of homologous chromosomes. However, in some homologous pairs,
this proportion was quite different, e.g., between the haplotypes S and P of the chromosome TcChr20
or TcChr21.

 

 

 

Figure 1. Circos diagram depicting the genomic organization and recombination events of the RHS
family in the whole genome of T. cruzi clone CLB. Inner track 1 represents the recombination between
RHS genes. The recombinant sequences are linked to putative major and minor parental, using purple
and green lines, respectively. Track 2 shows the genomic organization of RHS genes in chromosomes.
Genes on forward and reverse strands are colored in blue and red, respectively. Track 3 shows the
genomic organization of RHS pseudogenes in chromosomes. Pseudogenes on forward and reverse
strands are colored in green and orange, respectively. Track 4 depicts a heat map of RHS genes’ and
pseudogenes’ density for each chromosome. Values were obtained by summing the length (bp) of
RHS genes and pseudogenes and were divided by the chromosome size. Outer track 5 shows the
representation of T. cruzi CLB chromosomes for Esmeraldo (haplotype S) and non-Esmeraldo (haplotype
P) allelic loci.
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3.2. Phylogeny and Classification of the RHS Multigene Family of Clone CLB

In the phylogenetic analysis, the transcribed RHS genes were examined for the presence of RHS
domains by rpsBLAST using an e-value of 1 × 10−5 against the database of conserved domains [18].
Aiming to reveal the real extension of recombination events within RHS genes, in this analysis, we
excluded non-LTR retrotransposons or other protein families with which RHS are commonly associated.
The presence of conserved RHS domains (pfam07999, PTZ00209, and TIGRO1631) was also confirmed
in other databases (CDD, Pfam, SMART, KOG, COG, PRK, and TIGR). The analysis of 139 RHS amino
acid sequences was carried out using the maximum likelihood method in the RxML v 8.2.9 program
by replacement models (PROTGAMMAAUTO). One thousand bootstrap replicas were processed to
confirm the degree of reliability of the groups, assuming bootstrap values >75. Seventy-four RHS
sequences can be categorized into groups 1 to 10 with values above the cutoff (indicated in colors),
while three groups comprising 65 sequences with bootstrap values below the cutoff (indicated in black)
were designated as unclassified groups. The number of sequences per group ranged from two RHS
sequences in group 10 (light blue) to 15 sequences in group 3 (red) (Figure 2 and Table 1). Phylogenetic
analysis showed that each RHS group consists of a monophylogenetic group. The results were also
shown in the format rooted in the midpoint (Figure S5), where all the sequences with their respective
TriTrypDB access numbers can be appreciated [41].

 

−

 

 

Figure 2. Phylogeny and classification of transcribed RHS sequences. Phylogenetic analysis was
carried out using the RaxML v 8.2.9 program with an automatic search for substitution models
(PROTGAMMAAUTO) selected using the Akaike information criterion (AIC) (auto-prot = AIC), with
1000 bootstrap replicates. Groups 1–10 comprise RHS sequences, with supported values separated by
colors, and RHS sequences with bootstrap values below the cutoff (unclassified groups) are indicated
in black.
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Table 1. Distribution of the members of RHS groups across the chromosomes of clone CLB.

Group
Gene ID

TriTrypDB 1 CDS (bp) 2 Peptide (aa) 3 Direction of
Transcription 4

Subtelomeric
Region 5 Chromosome 6

1

TcCLB.511845.10 270 90 Sense - TcChr20-P (580,762–581,031)
TcCLB.509717.176 402 134 Sense - TcChr4-P (157,230–157,631)
TcCLB.509295.90 771 256 Sense Tel 6 TcChr28-P (746,714–747,484)
TcCLB.510479.11 1701 567 Sense - TcChr38-P (1,335,682–1,337,382)
TcCLB.506961.10 1929 642 Anti-Sense - TcChr18-S (118–2046)
TcCLB.506001.90 2763 920 Sense - TcChr4-P (166,550–169,312)
TcCLB.507167.70 2772 923 Sense Tel 6 TcChr28-P (837,994–840,765)

TcCLB.508479.500 2892 963 Anti-Sense - TcChr40-P (1,914,173–1,917,064)

2

TcCLB.509875.11 819 273 Sense Tel 13 TcChr26-P (793,295–794,113)
TcCLB.509873.10 831 276 Sense Tel 13 TcChr26-P (794,215–795,045)
TcCLB.508285.10 1767 588 Sense Tel 3 TcChr19-S (653,962–655,728)
TcCLB.506421.10 1038 345 Anti-Sense Tel 49 TcChr31-P (53,479–54,51)
TcCLB.509915.60 1767 588 Anti-Sense Tel 49 TcChr31-P (64,469–66,235)

TcCLB.506443.150 2400 799 Sense Tel 24 TcChr11-P (510,464–512,863)
TcCLB.507555.80 2757 918 Anti-Sense Tel 35 TcChr35-S (510,464–512,863)

3

TcCLB.459199.10 2820 939 Anti-Sense Tel 28 TcChr15-P (5578–8397)
TcCLB.506047.20 1815 604 Sense Tel 9 TcChr35-S (1,183,688–1,185,502)
TcCLB.506017.51 1122 374 Sense - TcChr29-P (869,711–870,832)
TcCLB.507167.20 2835 944 Sense Tel 6 TcChr28-P (849,015–851,849)
TcCLB.507611.10 2841 946 Anti-Sense Tel 17 TcChr37-S (1391–4231)
TcCLB.506393189 2274 758 Sense - TcChr14-P (596,251–598,524)
TcCLB.506323.30 2790 929 Anti-Sense Tel 4 TcChr22-P (62,292–65,081)
TcCLB.509429.4 2613 871 Sense - TcChr6-P (364,778–367,390)

TcCLB.511773.110 2472 995 Anti-Sense - TcChr17-P (301–2772)
TcCLB.508037.10 1146 381 Anti-Sense Tel 48 TcChr27-S (1297–2442)
TcCLB.511929.30 2781 926 Sense - TcChr25-P (736,933–739,713)

TcCLB.504109.200 3294 1097 Anti-Sense - TcChr39-P (599–3892)
TcCLB.508473.10 4512 1503 Sense Tel 30 TcChr39-S (1,847,980–1,852,491)
TcCLB.507625.10 4149 1382 Sense Tel 45 TcChr40-S (1,133,828–1,137,976)
TcCLB.39997.10 1053 350 Anti-Sense - TcChr37-P (33,320–34,372)

4

TcCLB.504343.30 1779 592 Anti-Sense - TcChr7-S (60,071–61,849)
TcCLB.507.907.30 1779 592 Anti-Sense - TcChr7-S (73,533–75,311)
TcCLB.507.907.60 1779 592 Anti-Sense - TcChr7-S (62,859–64,637)
TcCLB.505207.30 1626 541 Anti-Sense - TcChr41-P (8244–9869)

5

TcCLB.511019.80 * 1500 499 Sense - TcChr35-P (101,616–103,187)
TcCLB.503881.30 1509 502 Sense - TcChr33-S (730,729–732,237)

TcCLB.508119.140 1503 500 Anti-Sense - TcChr33-P (724,554–726,056)
TcCLB.511907.330 1503 500 Sense - TcChr26-P (250,686–252,188)
TcCLB.506529.680 444 148 Sense - TcChr6-S (201,683–202,126
TcCLB.510889.352 510 170 Sense - TcChr6-P (201,577–202,086

6

TcCLB.509085.120 1896 631 Anti-Sense - TcChr15-P (164,566–166,461
TcCLB.509437.110 1896 631 Sense - TcChr15-P (256,827–258,722
TcCLB.509349.20 1893 630 Anti-Sense Tel 2 TcChr11-S (115,973–117,865)
TcCLB.508479.80 1947 648 Sense - TcChr40-P (1,993,454–1,995,400)

TcCLB.509163.110 1962 653 Sense - TcChr35-P (1,138,639–1,140,600)
TcCLB.511871.130 1896 631 Sense - TcChr15-S (101,636–103,531)
TcCLB.511861.90 1896 631 Sense - TcChr15-P (118,605–120,500)
TcCLB.511863.4 1572 524 Sense - TcChr15-P (101,616–103,187)

7

TcCLB.506809.5 354 117 Sense - TcChr16-P (453,466–453,819)
TcCLB.509575.10 2763 920 Sense - TcChr16-P (389,424–392,186)
TcCLB.424771.10 873 290 Sense - TcChr16-P (477,440–478,312)
TcCLB.507843.10 1779 592 Sense - TcChr16-S (390,540–392,318)
TcCLB.509827.4 962 320 Sense - TcChr16-S (389,477–390,438)

TcCLB.507841.14 2562 854 Sense - TcChr16-S (452,820–455,381)

8

TcCLB.511019.13 1548 516 Sense - TcChr35-P (446,350–447,897)
TcCLB.509219.20 3633 1210 Sense - TcChr20-P (567,813–571,445)
TcCLB.506271.30 324 108 Sense - TcChr20-P (586,959–587,282)

TcCLB.510643.190 2496 831 Sense - TcChr16-P (642,806–645,301)
TcCLB.505997.60 2316 771 Anti-Sense Tel 1 TcChr9-P (12,280–14,595)

TcCLB.506595.149 2465 821 Anti-Sense - TcChr33-P (101–2565)
TcCLB.511371.10 1785 594 Sense - TcChr5-S (200,095–201,879)
TcCLB.511415.11 1095 365 Anti-Sense - TcChr9-S (30,121–31,215)
TcCLB.508559.90 1821 606 Sense Tel 21 TcChr25-S (700,188–702,008)

TcCLB.511585.320 1932 643 Anti-Sense Tel 14 TcChr33-S (31,331–33,262)
TcCLB.507015.10 * 2988 995 Anti-Sense Tel 10 TcChr13-P (1626–4613)
TcCLB.509917.19 1815 605 Anti-Sense Tel 49 TcChr31-P (54,619–56,433)
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Table 1. Cont.

Group
Gene ID

TriTrypDB 1 CDS (bp) 2 Peptide (aa) 3 Direction of
Transcription 4

Subtelomeric
Region 5 Chromosome 6

9

TcCLB.503401.11 243 81 Sense - TcChr22-S (214,572–214,814)
TcCLB.506629.240 327 109 Anti-Sense - TcChr39-P (389,442–389,768)

TcCLB.509829.9 909 303 Anti-Sense - TcChr39-S 392,244–393)
TcCLB.509329.9 752 250 Sense - TcChr22-P (339,264–340,015)

TcCLB.509463.41 * 1209 403 Anti-Sense - TcChr22-P (391,811–393,019)
TcCLB.509843.10 1503 500 Sense - TcChr22-S (214,918–216,420)

10
TcCLB.506139.200 1674 557 Sense - TcChr18-P (357,746–359,419)
TcCLB.510845.10 1824 608 Anti-Sense - TcChr19-S (28,739–30,562)

1 TriTrypDB [41]. 2 CDS (coding DNA sequence), size in bp. 3 The translated peptide, size in amino acid (aa). 4 The
direction of transcription. 5 RHS is located in the subtelomeric regions of the chromosomes of clone CLB [45]. 6

Genomic coordinates at the in silico chromosome of clone CLB (TcChr) [40]. * The other allele at the same locus is
a pseudogene.

The bulk of detailed information of the RHS groups of the CLB genome, such as chromosome
mapping, genomic location including the subtelomeric region, the sizes of the coding sequence, and
the predicted translated protein, is shown in Table 1. Most of RHS transcribed genes (70%) encode
proteins of approximately 60 to 180 kDa, and the remainder encode peptides of 38 to 10 kDa. The RHS
sequences selected for phylogenetic analysis were those assigned to CLB chromosomes (TcChr). Out of
74 RHS sequences, 58 genes have only one copy located in haplotype S or P, resulting in a hemizygous
condition. Twenty-two of the hemizygotes are located in the subtelomere, a polymorphic region
susceptible to homologous recombination, including ectopic recombination [5,45,46].

Our results showed that RHS hemizygotes can also be found in the interstitial chromosome
regions in which the synteny is interrupted by a set of RHS sequences [47,48]. It has been proposed
that the T. cruzi genome is organized in two compartments: a core compartment comprising conserved
and hypothetical conserved genes, and a non-syntenic region (disruptive compartment) enriched
by repetitive sequences such as members of multigene families TS, MASP, and mucins [3]. Other
multigene families (GP63, DGF-1, and RHS) are dispersed throughout both compartments [3].

The subtelomeres of T. cruzi could be included in the disruptive compartment since they are
enriched by genes encoding surface proteins (TS, MASP and DGF-1), retrotransposon hot spot genes
(RHS), retrotransposon elements, satellite DNA, RNA-helicase and N-acetyltransferase genes [45,48–51].
Twenty-five chromosomal ends of CLB chromosomes (TcChr) are composed mostly of RHS genes and
pseudogenes [45]. The disruptive compartment including the subtelomeric regions could act as sites
for homologous recombination [2,3,5,26,28–30,32–35].

The members of the RHS groups are organized in multiple clusters at various genomic locations
on different chromosomes, including the core and disruptive compartments and subtelomeres. (Table 1
and Figure 1). The distance between two contiguous RHS genes ranged from 2 to 50,000 bp and
the identity from 55 to 98%, suggesting the occurrence of gene duplication by homologous mitotic
recombination, as has been described in fungi [52,53]. Some rearrangements could be explained by
unequal crossing-over between homologous chromatids (interhomolog crossover) leading to the loss
of the tandem counterparts in one of the haplotypes. For example, the RHS genes of groups 1 and 7
located on chromosomes TcChr4-P and TcChr7-S, respectively, were mapped in only one haplotype,
indicating the loss of these genes in the corresponding haplotype (Figure 3A,B).
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Figure 3. Gene duplication events in the RHS sequences of clone CLB. The figure shows the physical
map of the chromosome regions involved in the recombination event. For clarity, only RHS sequences
are shown. The direction of transcription is indicated by blue (sense) and red (anti-sense) arrows.
(A,B) Groups 1 and 4: duplication of RHS genes by unequal crossing-over with loss of tandem
counterparts in one of the haplotypes (TcCh4-S and TcChr7-P). (C) Group 6: duplication of the RHS
genes by unequal crossing-over with the conservation of one of the RHS counterparts in the TcChr15-S
haplotype. (D) Group 7: duplication followed by genetic conversion between paralogous genes located
in the TcChr16-P and TcChr16-S haplotypes (interlocus nonallelic gene conversion). The identity
between homologous RHS proteins of the P and S haplotypes is indicated in the figure. The identity
between paralogous RHS proteins ranged from 93 to 100%. The physical maps showing the position of
RHS sequences were downloaded from the public genome database TriTrypDB [41].

The RHS genes of group 6 were mapped to the chromosomes TcChr15-P and TcChr15-S, and only
the first gene (TcCLB.511871.130) of the cluster was present on the TcChr15-S haplotype, the remainder
was lost by unequal crossing-over-recombination between homologous chromatids (Figure 3C).
The homologous RHS genes of the TcChr15-P encode proteins with >93% identity with each other,
and they share 84% identity with the paralogous RHS (TcCLB.511871.130) of the TcChr15-S haplotype.
These results showed that duplications gave rise to RHS sequences in tandem that maintained the
structure of the functional gene.
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The RHS genes of group 7 located on the chromosomes TcChr16-P and ThChr16-S share 84–97%
identity (Figure 3D), and this arrangement could be explained by genetic duplication followed by
genetic conversion between non-alleles (interlocus nonallelic gene conversion), e.g., between the RHS
genes TcCLB.507843.10 (TcChr16-S) and TcCLB.506809.5

3.3. Generation of Genetic Variability by Recombination between T. cruzi RHS Sequences

In the phylogenetic analysis, we found sixty-five RHS sequences distributed in branches with
low bootstrap values, which were included in the unclassified groups. Due to the high number of
unclassified sequences, we investigated whether recombination events had also occurred in these
sequences. We used the Circos plot to map the recombination events between RHS with a single
link connecting each pair of paralogs (Figure 1). We identified 53 recombination events in 139 RHS
sequences that were confirmed by at least six of the seven algorithms of the RDP4 package (Figure 4).
We found that about 60% of the recombination events occurred in the unclassified sequences. Thirty-two
unclassified RHS sequences were involved in the recombination events. The size of the fragment
inserted into the target sequence by recombination is quite variable, and it may represent approximately
4% of the entire RHS gene. The recombination between the RHS genes results in mosaic structures that
can contain up to three fragments of different RHSs inserted in the target sequence.

The recombination events occurred in different regions of RHS including the coding regions of the
amino- and carboxy-terminal portions, as well as in the central region of the protein. Most recombination
events were detected in the RHS sequences of group 3 that served as donors into unclassified sequences
and eventually into sequences from other RHS groups. The recombination events occurred in specific
regions, e.g., the amino-terminal coding region of RHS genes. As an example, the insertion of the same
RHS sequence TcCLB.507841.14 of group 7 into the amino-terminal coding region of unclassified RHS
sequences is shown (Figure 4, see recombination events 46 to 53).

3.4. Expression and Subcellular Localization of RHS in T. cruzi

The expression of RHS in T. cruzi and other trypanosomes was analyzed by Western blot using
anti-RHS antibodies raised against a recombinant protein carrying a 292-amino acid region from the
carboxy-terminal domain of RHS (TcCLB.511055.20) of CLB. This region is conserved among RHS
of some T. cruzi strains (Dm28c, Sylvio X10/1, Y, Bug2148, Tulahuen, TCC) and T. cruzi marinkellei.
The location of RHS (TcCLB.511055.20) in the nucleus has been experimentally demonstrated in the
nuclear subproteome of clone CLB [54].

The anti-RHS polyclonal antibodies identified different protein profiles among T. cruzi strains and
trypanosome species. They reacted strongly with two bands of 118 kDa and 112 kDa in the T. cruzi

clone CLB and G strain, and weakly with two additional bands of 65 kDa and 29 kDa in CLB. A single
band of 65 kDa was detected in T. cruzi marinkellei and T. rangeli, and a band of 82 kDa in T. brucei

(Figure 5A). The sizes of RHS proteins identified by Western blot are consistent with those predicted
RHS ORFs in the T. cruzi strains and T. cruzi marinkellei. These results suggest that the RHS genes
encoding the 118 kDa and 112 kDa proteins are expressed in the CLB and G strain, whereas the lower
molecular weight (65 kDa and 29 kDa) RHS proteins are expressed only in lower amounts in CLB.
T. cruzi marinkellei and T. rangeli showed a similar expression profile consisting of a single 65 kDa band.
The presence of an 82 kDa RHS in T. brucei is in agreement with the RHS protein profile (85 to 110 kDa)
described in this trypanosome [6].
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Figure 4. Detection of potential recombination events in T. cruzi RHS sequences. Recombination
analysis was performed using the RDP4 program composed of non-parametric recombination detection
methods by the algorithms: RDP, GENECONV, MaxChi, Chimera, Bootscan, SiSscan, and 3Seq. RHS
sequences of groups 1–10 (parental sequences) are highlighted in different colors and unclassified
groups (recombinant sequences) are presented in black. All RHS sequences are also indicated by their
access number in the TriTrypDB [41].
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Figure 5. Analysis of the expression of RHS by Western blot in T. cruzi and other trypanosomes and
cellular localization in T. cruzi by indirect immunofluorescence. (A) Protein extracts of epimastigotes
of T. cruzi (CLB and strain G), T. cruzi marinkellei (Tcm), and T. rangeli (Tr) and procyclic forms of
T. brucei (Tb) were separated by SDS-PAGE, transferred to nitrocellulose membranes, and incubated
with anti-RHS polyclonal antibodies (diluted 1:500). The RHS recombinant protein was included
as a positive control. The molecular masses of the reference proteins are indicated on the left in
kDa. (B) Confocal microscopy images from indirect immunofluorescence reaction with anti-RHS
antibodies (diluted 1:1000) in permeabilized epimastigotes of clone CLB. The labeling of the nucleus
and kinetoplast DNA (DAPI) and RHS proteins is shown in blue and green, respectively. At the top,
the reaction with two epimastigotes is shown at 3 µm scale. In the lower panel, the image shows
epimastigotes (scale bar 10 µm). N, nucleus; K, kinetoplast.

Permeabilized parasites were analyzed by indirect immunofluorescence, using anti-RHS antibodies
(Figure 5B). Nuclear and kinetoplast DNA was labeled with DAPI, and the RHS proteins were detected
with fluorescent anti-RHS antibodies (shown in blue and green, respectively). The fluorescence
distribution in the permeabilized parasites is concentrated at the nuclear region, confirmed by its
colocalization with DAPI (Figure 5B merge). RHS distribution was concentrated in spots within the
nucleus. Anti-RHS also reacted within the nucleus of intracellular amastigote (Figure 6), but no reaction
was found in trypomastigotes. Taken together, these results suggest that RHS proteins of clone CLB
have a predominantly nuclear location.
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Figure 6. Cellular localization of RHS in the amastigote of T. cruzi. Confocal microscopy images
from indirect immunofluorescence reaction with anti-RHS antibodies (diluted 1:1000) in permeabilized
epimastigotes and amastigotes of clone CLB. The labeling of the nucleus and kinetoplast DNA (DAPI)
and RHS proteins is shown in blue and green, respectively. Scale bar 3 µm. N, nucleus; K, kinetoplast.

4. Discussion

4.1. Genomic Organization and Generation of Genetic Variability in the RHS Multigene Family in T. cruzi

RHS is a genus-specific multigene family identified in the genome of all trypanosomes sequenced
so far. RHS genes have a retrotransposon insertion site in their 5′ coding region, which is predicted
to disrupt more than 50% of the members of this family. Therefore, our phylogenetic analysis was
restricted to transcribed RHS sequences with an uninterrupted ORF encoding the RHS domain. RHS
proteins of clone CLB were categorized into 10 groups with significant bootstrap (Figure 2), suggesting
that each RHS subfamily is a monophyletic group, as previously reported in T. brucei [6]. Regarding
the unclassified RHS sequences, they were separated from the rest of the groups, suggesting some
structural differentiation among these sequences, and they evolved together with other RHS groups.
Our search showed that T. cruzi RHS paralogous genes shared 75–100% identity at the amino acid level,
whereas they shared 30–47% identity with orthologous genes from other trypanosome species, such as
T. rangeli, T. grayi, T. evansi, T. vivax, T. brucei, T. theileri and T. conorhini. From these results, we may
infer that RHS genes evolved from a common ancestor and started diverging by speciation.

Once we defined the RHS sequence groups of T. cruzi CLB, the next question was whether
recombination events occurred among the members of the various RHS groups including the
unclassified ones. The comparison of transcribed RHS sequences showed the occurrence of one
to three recombinational events resulting in a mosaic structure, which contains up to three fragments
derived from different RHSs. The RHS sequences of unclassified groups comprised ~47% of total
transcribed RHS, being involved in ~60% of the recombinational events in which they were used as a
template to generate new RHS sequences. Our results suggest that the RHS family has been subjected
to rapid gene turnover, resulting in different paralogous groups that are conserved for functional
reasons. We believe that the unclassified RHSs may act as sequence reservoirs that can recombine with
functional paralogs to generate diversity, and at the same time preserve intact copies in the RHS gene
family. The lack of ancestral sequences could be explained by a continuous process of gene turnover
mediated by gene conversion (allelic or ectopic) and unequal crossing-over.

The complexity of the RHS family may also be related to the large number of pseudogenes that
comprise more than 50% of the family [2,6,7,42]. In T. cruzi and T. brucei, the repertoire of pseudogenes
is of great importance in the generation of variants of multigenic families involved in parasitic
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virulence [6,55–59]. Taken together, these results suggest that trypanosomes developed alternative
mechanisms for achieving genetic diversity in the multigene families, one of which uses incomplete
genes (pseudogenes) in the generation of functional genes, while others promote recombination
between functional genes. These mechanisms acting together may lead to the generation of multiple
RHS sequences, resulting in the diversity within this family but preserving intact RHS copies in
the genome.

Sequence diversity in the RHS multigene family of T. cruzi may be generated by unequal
crossing-over (sister chromatid exchange and interhomolog crossover), segmental gene conversion,
and interlocus nonallelic gene conversion. Tandem duplication generated by unequal crossing-over
over between non-sister homologous chromatids (interhomolog crossover) may occur with the loss of
tandem allelic counterparts in one of the haplotypes, leading to a condition called hemizygosity. Out of
139 transcribed RHS genes of CLB, 58 genes (~42%) have only one allele with no counterpart in the other
haplotype (S or P), resulting in a hemizygous condition. We identified 22 RHS hemizygotes mapped
in the subtelomere, which is a polymorphic region that is susceptible to homologous and ectopic
recombination [5,45,46,49,51]. Callejas et al., 2006 [60] identified a large hemizygous subtelomere
region in the chromosome I of T. brucei. This region accounted for three-quarters of the length of
chromosome I and resulted in the amplification and divergence of gene families such as VSG (Variant
Surface Glycoprotein) [60].

There is some evidence in the genome of T. cruzi that segmental gene conversion is involved in
the generation of sequence diversity for multigene families organized in tandem array repeats [61–64].
In addition to segmental genetic conversion, we also found evidence of interlocus nonallelic gene
conversion (IGC) among gene duplicates between loci. Gene conversion has been proposed as an
active force in the evolution of trypanosomes [65]. Araujo et al., 2020 [66] showed that DNA replication
origins in T. cruzi are preferentially located at the subtelomeric region, which is a site of conflict between
transcription and replication that may lead to DNA double-strand breaks and generation of diversity.
Wier et al., 2016 [67] suggested that gene conversion is the mechanism used by T. brucei gambiensis

to avoid the Meselson effect of accumulation of mutations on the chromosomes for lack of sexual
recombination in this species. The proposed mechanism is based on the repair of a defective gene copy
on a chromosome by copying and pasting the functional gene from the homologous chromosome.

4.2. The Role of RHS Proteins in T. cruzi

We found that RHS proteins are located in the nucleus of epimastigotes and amastigotes of T. cruzi.
This is in agreement with previous work [54] that identified the presence of 74 RHS proteins with
apparent molecular masses of 12 to 111 kDa in the nuclear proteome of T. cruzi epimastigotes [54].
These data were corroborated by Western blot analysis, in which we identified RHS proteins from
29 to 118 kDa in CLB. Despite the large number of RHSs expressed in T. cruzi, the profile of proteins
recognized by anti-RHS antibodies is relatively simple, composed of 2–3 strongly reactive proteins.
A similar profile was described in T. brucei, and it may be due to the absence of cross-reactivity between
RHSs of different families [6].

Proteomic studies revealed that RHS proteins are expressed in epimastigotes of T. cruzi [68,69].
More recently, approximately 39 RHS isoforms expressed in T. cruzi trypomastigotes have been
identified [70]. However, the diversity of RHS proteins detected by immunoblotting was more
restricted, since only eight RHS isoforms were observed in this study [71]. The absence of reactivity
of anti-RHS antibodies generated against the carboxy-terminal domain of RHS (TcCLB.511055.20) of
CLB with T. cruzi trypomastigotes suggests that RHS proteins carrying the epitopes used in the mice
immunization were not expressed in this developmental form. RHS proteins seem to be constitutively
expressed in T. brucei, but they are more abundant in the procyclic forms of this parasite [6]. More
recently, it has been reported that several RHSs are stage-specific regulated [10].

Since RHS is a target for the insertion of retrotransposons, the participation of RHS in controlling
the expansion of these mobile elements has been proposed. Other functions for RHS have been related
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to T. brucei. TbRRM, a modulator of the chromatin structure in T. brucei, interacts with RHS transcripts,
proteins and histones, suggesting that the RHS family could be involved in chromatin modeling [10].
Recently, it has been reported that several RHS proteins (RHS2, RHS4, and RHS6) may act as factors
involved in the transcription elongation and mRNA export in T. brucei [11].

Little is known about the role of RHS in the T. cruzi life cycle. T. cruzi RHS proteins have been
identified in the secretome of epimastigotes, trypomastigotes, and amastigotes, indicating that they are
exported to the extracellular medium [71–74]. Bautista-Lopez et al., 2017 [71] showed that RHS proteins
were present in the extracellular vesicles (EVs) released by T. cruzi trypomastigotes and amastigotes in
infected Vero cells. The secreted RHS proteins reacted with sera from chronic chagasic patients ranging
from asymptomatic to advanced cardiomyopathy. EVs are important modulators of the mammalian
host—T. cruzi relationships, such as heart parasitism, susceptibility to infection of mammalian cells,
and inflammatory response [72,75]. The immunoreactivity of RHSs from EVs suggests that they could
participate, possibly as adjuvants, in the interaction of T. cruzi with the mammalian host. In this context,
it is noteworthy that RHS is more abundant in the T. cruzi strains infective for humans (Bug2148, Y,
and Sylvio X10) than in B7, which is not infective in humans [44].

In conclusion, our data suggest that unequal mitotic crossing-over and gene conversion play a
significant role in shaping the patterns of homology between the RHS paralogous repeats that accelerate
the generation of diversity within this multigene family. Recombination among transcribed RHS genes
leads to the generation of multiple chimeric functional RHS genes. Finally, we showed the nuclear
location of RHS in the replicative forms of T. cruzi. Although evidence for the functions of RHS in
T. cruzi has been elusive, we suggest that these proteins could play a role in modulating the chromatin
structure at the transcriptional and posttranscriptional levels, as has been suggested in T. brucei [10,11].
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Abstract: Trypanosoma cruzi is the etiological agent of Chagas disease, which affects millions of
people in Latin America. No transcriptional control of gene expression has been demonstrated in
this organism, and 50% of its genome consists of repetitive elements and members of multigenic
families. In this study, we applied a novel bioinformatics approach to predict new repetitive elements
in the genome sequence of T. cruzi. A new repetitive sequence measuring 241 nt was identified and
found to be interspersed along the genome sequence from strains of different DTUs. This new repeat
was mostly on intergenic regions, and upstream and downstream regions of the 241 nt repeat were
enriched in surface protein genes. RNAseq analysis revealed that the repeat was part of processed
mRNAs and was predominantly found in the 3′ untranslated regions (UTRs) of genes of multigenic
families encoding surface proteins. Moreover, we detected a correlation between the presence of
the repeat in the 3′UTR of multigenic family genes and the level of differential expression of these
genes when comparing epimastigote and trypomastigote transcriptomes. These data suggest that this
sequence plays a role in the posttranscriptional regulation of the expression of multigenic families.

Keywords: Trypanosoma cruzi; genome; repeats; 3′UTR; multigenic family

1. Introduction

The protozoan T. cruzi is the causative agent of Chagas disease and affects approximately
7 million people, mostly in Central and South America, where another 18 million people live at risk of
infection [1]. This parasite exhibits a complex life cycle varying between the nonreplicative/infective
form, known as the trypomastigote (bloodstream in mammalian host and metacyclic inside
the vector), and the replicative forms, known as the amastigote (in the mammalian host) and
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epimastigote (in the invertebrate vector). Morphological and metabolic changes are observed among
these life forms with the presence of distinct proteomic [2,3] and transcriptomic [4] profiles. However,
the control of gene expression in T. cruzi relies largely on posttranscriptional and translation
levels since transcription does not occur from a specific RNA pol II promoter for each gene but,
rather, nonrelated genes are transcribed as a unique polycistron and then trans-spliced into individual
mature mRNA molecules [5]. Therefore, other levels of gene expression regulation stand out,
such as mRNA processing [6], translational repression [7–9], polysome recruitment [10], and codon
adaptation [11,12]. In this scenario, noncoding DNA may also be involved as a regulatory element in
mRNA expression [10–13].

Among coding and noncoding DNA, the T. cruzi genome presents at least 50% repetitive sequences,
which include multigenic families, retrotransposons and subtelomeric repeats [14–16]. Of the repetitive
DNA elements found within intergenic regions, most have no identified function to date. For example,
satellite DNA is a 195 bp repetitive element that can be used as a T. cruzi infection marker in molecular
diagnostics [17]; however, no function has been attributed to this sequence. Conversely, multigenic
families mostly encode surface proteins involved in cell invasion as well as immune system evasion by
T. cruzi [18]. The expression levels of these genes vary along the T. cruzi life cycle according to their
function, but little is known about how they are regulated.

The 3′UTR (untranslated region) from mRNA and RNA binding proteins (RNA-BP) has emerged
as a key factor in mRNA stability and protein expression level regulation in T. cruzi, including some
proteins from multigenic families [19–21]. In this study, we developed a new strategy to identify
new repetitive elements in the T. cruzi genome and found an intergenic repetitive sequence located
downstream of many genes of multigenic families, such as mucin-associated proteins (MASPs) and
trans-sialidases. Using RNAseq analysis, we confirmed that this sequence is present on the 3′UTRs of
these mRNAs and is correlated with gene expression regulation, indicating that this repetitive sequence
may have a cis-regulatory function on the expression of multigenic family mRNAs.

2. Materials and Methods

2.1. Filtering Steps for 150 bp Fragments

All of the 150 nucleotide sequences, obtained by a sliding window all over the genome sequence,
were filtered through 4 different parameters: (1) Any sequence with at least one undefined nucleotide
(N) was excluded; (2) Sequences with less than 10 copies were excluded; (3) Fragments with a significant
match against the repetitive elements using RepeatMasker software (version 4.0.7) [22] were excluded
(parameters “-species trypanosoma -pa 60 -u -xm -engine ncbi -excln”); and (4) Any repeat from
multigenic family genes was excluded. Fragments were submitted to Blast-n alignment against an in
house multigenic family database composed of 4999 genes (surface protease (GP63), mucin-associated
surface protein (MASP), retrotransposons and trans-sialidase) from CL Brener (-S and -P haplotypes)
using the parameters “-e-value 1e-72 -dust no -qcov_hsp_perc 100”.

2.2. Search Terms in the TriTryp Database

To establish the number of specific genes on T. cruzi strains Dm28c, Y, TCC, CL Brener haplotypes
Esmeraldo-like (S), and non-Esmeraldo like (P), the following terms were searched in TriTrypDB [23]:
“trans-sialidase”, “mucin-associated surface protein”, “TcMUC”, “mucin like”, “surface protease
GP63”, “hypothetical protein”, “90 kDa surface protein”, “serine-alanine and proline-rich protein”,
“dispersed gene family protein 1”, elongation factor 1-γ” and “retrotransposon hot spot protein”.

The searched terms “TcMUC” and “mucin like” were considered to be one category, “mucin”.
Additionally, the terms “90 kDa surface protein” and “serine-alanine and proline-rich protein” were
categorized under “90 kDa surface protein”.
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2.3. Statistical Analysis

Student’s t-test was used for comparisons between samples using GraphPad Prism software
(GraphPad Software Inc., San Diego, CA, USA).

2.4. Genomes Analyzed

Genome sequences from T. cruzi strains were downloaded from TritrypDB [23]: Dm28c 2018
(version 2018-05-30 release 46); Y C6 (version 2019-08-26 release 46); TCC (version 2018-05-30 release 46);
CL Brener_S (version 2015-12-07 release 46); CL Brener_P (version 2015-12-07 release 46); marinkellei
(version 1.0); Brazil A4 (version 2019-08-26 version 46); and Sylvio X10/1 (version 2017-03-18).

2.5. Monte Carlo Test of a 241 nt Repeat

To test whether the frequency of repeats associated with trans-sialidases was higher than expected
by chance, we conducted a Monte-Carlo test [24], in which the total number of repeats found in
the CL Brener S genome sequence (334) and in Dm28c strain (1117) were randomly re-inserted in
the genome sequence. For each replicate, first a “fake” long and single chromosome was generated
by concatenating the 41 chromosomes end-to-end from CL Brener_S and all 636 contigs of DM28c.
Then, the repeats were randomly re-inserted between the first and last nucleotide of this “fake”
chromosome. Finally, we determined how many of these re-inserted repeats had a trans-sialidase in
their surroundings (either with the repeat falling into it or at 5′ and/or 3′). The rationale is that if the
original number of repeats were to be inserted from scratch along chromosomes/contigs (for instance,
by a natural biological process), then the distribution among the pseudoreplicates (334 draws per
peudoreplicate for CL Brener S and 1117 for Dm28c) can be considered a reasonable indicator of the
variability of the probability of random insertions near trans-sialidases. If the original value of repeats
associated with such genes falls within the 95% highest density interval (HDI) of that distribution of
the pseudoreplicates, then the hypothesis of random association with trans-sialidases in the original
chromosomes/contigs cannot be discarded; on the contrary, if the original value of trans-sialidase
associations is outside the 95% HDI (either higher or lower), then the hypothesis of random association
with trans-sialidases can be ruled out at an α = 0.05 level.

2.6. RNA-seq Analysis

Coverage analyses were performed to investigate the relationships between the identified 241 nt
repeat regions in the T. cruzi strains as well as their closest upstream and downstream genes and
respective range regions. The expression profile for the repeat region, upstream and downstream
genes and the region between them were quantified based on the RNA-Seq data from T. cruzi strains
(CL_Brener Esmeraldo-Like, CL_Brener Non-Esmeraldo-Like, and YC6) from NCBI, for the two
different stages of the parasite (epimastigote and trypomastigote) with two biological replicates for
T. cruzi CL_Brener and three biological replicates for the other ones.

The accession numbers of SRAs from the NCBI of T. cruzi strains are as follows:
CL_Brener epimastigote (SRX1643253, SRX1643239) and trypomastigote (SRX1643235, SRX1643234);
Y epimastigote (SRX574896, SRX574895, SRX574894) and trypomastigote (SRX574893, SRX574892,
SRX574891, SRX574890).

To quantify the expression profile of these regions, we aligned the samples to the reference genome
using Hisat2 version 2.1.0 [25] with “−k1” parameter, which allows only one alignment per read.
Then, the raw counts were quantified based on the alignment of reads to each genome strain with the
tool multiBamCov, and the coverage of the region was estimated with coverageBed from bedtools
version 2.26.0 [26]. The EdgeR version 3.28.1 [27] was used to estimate the average expression profile
between the replicates calculated and the log2 fold change between the stages trypomastigote and
epimastigote for every strain and for every region.
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2.7. TPM Statistical Test

To test for a possible association of the repeat with the closest gene upstream in transcripts,
in opposition to the closest gene downstream, we used previously available RNA-seq data from
[databank]. Reads from three different lineages were used (CL Brener-P, CL Brener-S, and Y) for both
epi- and trypomastigote forms, with transcripts per million (TPM) values averaged between forms
within the same genome for each set of genic regions containing 5′ gene/repeat/3′ gene. We used the
smallest difference between the TPM of the repeat to either the upstream or downstream gene’s TPM
as a sign of the most likely posttranscriptional genic association of the repeat (“−1” if the smallest TPM
difference was upstream, “+1” if downstream). The one-tailed sign test was then employed in R [28] to
test the hypothesis of a stronger association to the upstream gene. This procedure was carried in two
subsets of genes: (1) the set of four gene families to which repeats were found to be more associated
with (trans-sialidases, etc.) appearing at either of the neighboring positions and (2) the remaining genic
regions (“background regions”) in which none of the flanking genes was a member of those four gene
families. Cases in which there was a second repeat flanking at the 5′ end of the upstream gene or at the
3′ end of the downstream gene were discarded.

3. Results

3.1. Identification and Distribution of a Novel DNA Repeat on the T. cruzi Genome

The T. cruzi genome is composed of diverse repetitive elements that vary in size and copy number
among different strains. The smallest high copy number element found in the T. cruzi genome is
satellite DNA, which is 195 bp long with approximately 20,000 copies [29]. Therefore, we established a
150-nucleotide length to screen for new repetitive elements. We decided to start investigating both
haplotypes (Esmeraldo like-S and non-Esmeraldo like-P) of the clone CL Brener genome sequence.
This strain was used for the T. cruzi genome sequence project, and therefore, a considerable amount
of information is available allowing future co-relation analysis. Moreover, the CL Brener strain has
a hybrid origin containing haplotypes from different DTUs which could increase the robustness of
our observations. Therefore, once the parental strains are from DTUs II and III, any DNA element
found in both haplotypes would be more likely to be found in the genome sequences of other DTUs.
In our approach, we used a sliding 150-nucleotide window along all chromosome sequences in each
haplotype, moving it one nucleotide at a time, resulting in millions of 150-nucleotide fragments
covering the entire genome of T. cruzi CL Brener (Figure 1A). A list with 52 million fragments was
obtained and summarized, showing the frequency of 100% identical fragments that appeared during
the window screening.

Furthermore, four sequential filtering steps were used to clean these data and isolate potential
repetitive sequences. The first two steps excluded any fragment with at least one undefined (N)
nucleotide, and then only the ones that appeared at least ten times on the list were selected. Next, the two
additional filtering steps excluded the fragments with a significant match against the repetitive elements
using RepeatMasker software and excluded any fragment from multigenic family genes. Therefore,
the final list of 67 unique 150-nucleotide fragments was obtained (Figure 1A). Once all of the fragments
were obtained by a sliding window, where sequential fragments were only one nucleotide apart, the final
67 fragments were aligned to determine whether they were independent repetitive sequences and/or
part of a longer sequence. As shown in Figure 1B, all 67 sequences present 100% identity and aligned
together, resulting in a consensus sequence composed of 241 nucleotides (Supplementary File S1).
Therefore, using the 150-nucleotide sliding window and filtering and alignment steps, we identified a
novel repetitive sequence on the T. cruzi genome that has not been described to date.
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Figure 1. Strategy to identify a novel repetitive element in the T. cruzi CL Brener genome. (A) Schematic
representation of the 150 nucleotide (nt) sliding window used to generate sequences covering all of the
CL Brener genome and filtering steps used to exclude known repetitive elements. (B) Alignment of
the 67 sequences of 150 bp obtained after the filtering steps that resulted in the consensus sequence of
241 nucleotides of the repetitive element.

3.2. The 241 nt Repeat Is Enriched at Intergenic Regions of T. cruzi Genome Sequences

Since the 241 nt repeat was present in both CL Brener haplotypes, we next wanted to determine
whether this repeat (i) is present in others T. cruzi strains and (ii) is present in other trypanosomatids.
Blast-n search revealed that the 241 nt sequence is present in all searched T. cruzi strains, including the bat
strain T. cruzi marinkellei, but it is absent in Leishmania and Trypanosoma brucei (Supplementary File S2).

To characterize this new repetitive element found in T. cruzi, we first checked the genome sequences
of T. cruzi strains from different DTUs available in TritrypDB that were sequenced using long reads
(PacBio technology) that provide more reliable assembly of these genomes (Table 1). Then, we chose
one strain of each DTU to be analyzed, named as follows: Dm28c (TcI), Y (TcII), and TCC (TcVI).
There are no strains from TcIII and TcIV sequenced by PacBio (Pacific Bioscience of California, Inc.
Menlo Park, CA, USA) technology, and the TcV strain genome (Bug 2148) lacks annotation (Table 1).
Even though the T. cruzi marinkellei genome was not sequenced by PacBio, we decided to perform some
analyses on this strain in order to gain evolutionary insights into this repeat.

Table 1. T. cruzi genomes available in TritrypDB. With the exception of T. cruzi marinkellei (sequenced
by Illumina technology-Illumina Inc., San Diego, CA, USA) and the CL Brener strain (reference genome
sequenced by whole genome shotgun assembly), the strains were sequenced by PacBio technology.
NA: Not Annotated/* chosen strains for formal analysis.

DTU B7 TcI TcII TcV TcVI

T. cruzi strain Marinkellei Dm28c * Brazil A4 Sylvio X10/1 Y C6 * Bug2148 TCC * CL Brener S * CL Brener P *

Chr count 0 0 43 47 40 0 0 41 41
Contig count 16783 636 359 0 226 929 1236 0 0

Genome size (Mbp) 38.65 53.27 45.56 41.38 47.22 55.16 87.06 32.53 32.53
Total gene count 10282 19112 18779 20684 17713 NA 29302 10596 11106

To identify the locations of this repetitive sequence on the genome, Blast-n searches on the T. cruzi

genome sequences were performed. From the retrieved regions, only those with a minimum length
of 140 bp and 95% identity to the 241 nt repeat were selected. The great majority of this repetitive
element was found distributed on intergenic regions of the analyzed strains (Supplementary File S3):
100% in Dm28c (1117 of 1117), 99.5% in Y (742 of 746), 100% in TCC (1171 of 1171), 96.7% on CL
Brener S (322 of 334), and 97.5% on CL Brener P (398 of 408). The repeats found in the genic regions
(Supplementary File S4) were in genes of a hypothetical protein (four genes on Y, eight genes on CL
Brener_S, and eight genes on CL Brener_P), ATPase (1 on CL Brener_S and 2 on CL Brener_P) and
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trans-sialidase (two on CL Brener_S). In fact, the identity between these two trans-sialidase sequences
and the 241 nucleotide consensus sequence is the cause of the alignment break observed in Figure 1B
(nucleotides 30–60 and 180–210), where the 150 nt fragments 100% identical to these trans-sialidases
were eliminated after the multigenic family filtering step. Then, we further investigated the repeats
located on intergenic regions.

The selected sequences from Blast-n were at least 140 nucleotides long, but approximately 90% of
repetitive sequences found on the genome ranged from 231 to 244 nucleotides in DM28c, TCC and
CL Brener and 87.5% in the Y strain (Figure 2A). Since the consensus sequence of this new repetitive
element is 241 nucleotides long, we call these repeats a 241 nt repeat. These repeats located on
intergenic regions were found interspersed throughout the genome sequences rather than organized
in tandem in a head-to-tail fashion (Supplementary Files S5–S7), and they were present in most
chromosomes from assembled genomes of CL Brener and Y strains (Table 2) (the DM28c and TCC
genome sequences are not chromosome assembled). Even though larger chromosomes showed more
copies of the repeat, its distribution was not proportional to chromosome size, as seen on Y strain
chromosomes 2 and 3 (Table 2), where 3 copies are found on chromosome 2 and 73 copies are found on
chromosome 3. Different copy numbers were also observed between CL Brener haplotypes, as seen on
chromosome 40 (Table 2), where 34 repeats were found on the S haplotype and 8 were found on the
P. In addition, the repeat distribution showed different profiles among the chromosomes, as it was
observed at some chromosome edges in some chromosomes and concentrated in the middle in others
(Supplementary Files S5–S7). Therefore, there was no preferential location along all chromosomes
from the CL Brener and Y strains.

3.3. Regions Upstream and Downstream of the 241 nt Repeats Are Enriched in Surface Protein Genes

The interspersed distribution pattern of the 241 nt repeat and its intergenic location led us to
investigate possible signs of correlation of this DNA repetitive element to nearby genes. First, these genes
were classified according to their transcription orientation, where genes whose transcription orientation
moved in the direction of the repeat were termed “upstream genes” and those whose transcription
direction moved away from the repeat were termed “downstream genes” (Figure 2B), regardless of the
strain being considered. From this analysis, different patterns could be observed, as shown in Figure 2B.
Most 241 nt repeats were located between genes on the same polycistronic transcription unit (PTU)
on the sense strand (indicated by ++) and anti-sense strand (indicated by −−), as shown on Table 3.
In both cases (++ and −−), there were two genes, one gene upstream and the other downstream,
flanking the 241 nt sequence. Fewer 241 nt repeats were located between convergent PTUs (indicated
by +− in Table 3), and in this case, both adjacent genes were considered upstream. The 241 nt repeats
were also located between divergent PTUs (indicated by −+ in Table 3), when both adjacent genes
were denominated downstream. Additionally, some 241 nt copies had only one gene adjacent to it
(indicated by +* and *− in Table 3), and these genes were always upstream genes. No 241 nt repeat
was found with a single downstream gene close to it in the CL Brener strain (indicated by −* and *+ in
Table 3); however, a few copies of this pattern were found on Dm28c, Y and TCC strains (Table 3).
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Figure 2. Localization of the 241 nt repetitive element in the T. cruzi CL Brener genome. (A) Consensus
sequence of the 241 nt repeat that was submitted to Blast-n against the CL Brener genome, and the
retrieved sequences with at least 95% identity and sizes from 140–244 nucleotides were selected.
The graphic shows the frequency distribution of the retrieved sequences by their size in the genome
sequence of T. cruzi strains Dm28c (TcI), Y (TcII), TCC (TcVI), and CL Brener S and P (TcVI). (B) Schematic
representation of genes surrounding the 241 nt found inside the intergenic region. Genes were classified
as upstream (UP) or downstream (DOWN) of the 241 nt repeat according to their transcription
orientation. Distinct patterns of upstream and downstream genes in relation to the repeat are observed
and indicated by the symbols ++, −−, +−, −+. In some cases, only one gene is associated with the
repeat and is indicated by *+, +*, *−, and −*. Letter “d” indicates the distance between the repeat and
upstream (dup)/downstream (ddown) genes. (C) Percentage of genes upstream and (D) downstream
of the 241 nt repeat on the T. cruzi genome sequences of Dm28c, Y, TCC, and CL Brener strains.
(E) A total of 334 sequences of 241 nt were randomly distributed in the CL Brener_S genome sequence.
The graph shows the number of repeats found near a trans-sialidase gene. The dashed line represents
the number of repeats identified close to a trans-sialidase gene in the CL Brener genome (S haplotype).
(F) A total of 1117 sequences of 241 nt were randomly distributed in the Dm28c genome sequence.
The graph shows the number of repeats found near a trans-sialidase gene. The dashed line represents
the number of repeats identified close to a trans-sialidase gene in the Dm28c genome Abbreviations:
TS-trans-sialidase, MASP-mucin-associated surface protein, GP-glycoprotein, DGF-1-dispersed gene
family-1, RHS-retrotransposon hot spot and EF-1 γ-elongation factor-1 γ.
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Table 2. Number of 241 nt repeats found on each chromosome of T. cruzi CL Brener.

Y C6 CL Brener

S and P S P

Chr Chr Size (kb) N◦ of Repeats Chr Size (kb) N◦ of Repeats N◦ of Repeats

1 2,950,016 146 77,958 0 0
2 1,943,341 3 151.74 2 1
3 1608.8 73 196,644 1 0
4 1,578,048 2 200,401 3 1
5 1,465,819 45 227,319 0 1
6 1,365,397 24 389,024 3 2
7 1238.82 2 391,095 9 3
8 1,238,493 2 393,493 1 2
9 1,233,391 8 509,634 0 1

10 1,196,034 6 518,846 0 0
11 1,179,968 2 526.14 4 1
12 1,154,569 3 533,093 2 4
13 1,073,329 10 558,364 1 0
14 1041.73 6 598,625 5 7
15 973,991 10 612,853 4 17
16 931,817 0 646,207 11 16
17 919,065 3 648,584 8 4
18 889,019 10 655,081 28 23
19 879,731 15 671,453 7 1
20 835,455 23 656,799 15 5
21 802.19 3 704,149 4 9
22 794,882 13 710,778 3 2
23 771,598 18 655,477 5 7
24 748,092 8 779,922 6 10
25 747,041 8 822,374 9 24
26 713.53 17 801,422 9 6
27 704,292 0 850,241 0 0
28 683,656 4 853,233 12 27
29 683,261 6 870,934 12 18
30 618,893 9 863,882 2 2
31 613,739 9 947,473 4 6
32 587,789 6 968,069 0 1
33 572,88 19 1,041,172 3 13
34 565,606 1 1,065,764 4 1
35 563,146 6 1,186,946 1 4
36 542,602 21 1,180,744 2 1
37 354,446 3 1,355,803 3 2
38 332,206 0 1,444,805 24 67
39 241,231 2 1,854,104 3 3
40 239,696 5 2,036,759 34 8
41 2,371,736 90 108

unplaced contig 201 \

Total 752 334 408
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Table 3. Number of repeats found in the intergenic region of each T. cruzi strain. The + symbol indicates
gene transcription from the sense strand, and the − symbol indicates gene transcription from the
anti-sense strand. The left symbol represents the gene at the left side of the repeat, and the right symbol
represents the gene at the right side of the repeat.

TcI TcII TcVI
Dm28c YC6 TCC CLBrener_S CLBrener_P

++ 472 349 472 150 190
−− 512 351 516 148 163
+− 94 38 103 22 45
−+ 2 1 11 2 3
+* 11 4 24 4 1
*− 18 6 30 8 6
−* 5 1 5 0 0
*+ 3 2 10 0 0

Total 1117 752 1171 334 408

The next step was to identify which genes surround the 241 nt repeat. Among upstream genes,
the large majority were from multigenic families (trans-sialidase, MASP, mucin and GP63), that is,
representing 96.6% of the genes in CL Brener_S, 91.2% in CL Brener_P, 95.6% in the Y strain, and 68.8%
and 66.4% in the Dm28c and TCC strains, respectively. The remaining genes were mostly hypothetical
proteins (representing 1.1% in Dm28c, 3.3% in Y, 0.8% in TCC, 2.5% and 6.9% in CL Brener S and P
haplotypes, respectively) and some other genes (listed in Supplementary File S3) that collectively
represent 1% in Dm28c, 0.9% in Y, 1.9% in TCC, and 0.8% and 1.7% in CL Brener S and P haplotypes,
respectively (Figure 2C). When analyzing the percentage of these genes on the genome, these genes of
multigenic families collectively represent 18.07% of the genes in Dm28c, 32.19% in Y, 16.15% in TCC,
and 15.19% and 14.52% in CL Brener S and P, respectively. Additionally, the hypothetical protein genes
from the genome correspond to 37.33% of the genes in Dm28c, 58.24% in Y, 37.14% in TCC, and 38.44%
and 38.43% in CL Brener S and P, respectively, but only a small percentage was found upstream of the
241 nt repeat. Taken together, these data suggest that the 241 nt repeat is preferentially located near
multigenic families along the genome and is not randomly distributed.

Once it was determined that the upstream genes are mostly composed of multigenic family genes
and trans-sialidase (TS) genes are the most abundant among them, we tested whether the association
between the 241 nt repeat and TS had biological relevance or was just a consequence of the random
distribution of the 241 nt repeat in the genome. To address this question, we conducted a Monte Carlo
test on genome sequences of CL Brener S (TcVI) and DM28c (TcI) strains that are highly divergent [30].
This test consists of random re-insertions of 241 nt repeats in the genome sequence according to the
number of repeats originally identified in genome sequences (334 for CL Brener S and 1117 for Dm28c).
In each replicate, random re-insertion was performed, and the number of trans-sialidase genes found
flanking this repeat was counted. Monte Carlos analysis of CL Brener S showed that up to four
TS genes were located close to the repeat after its random reinsertion into the CL Brener S genome
(Figure 2E). As indicated by the dashed line in Figure 2E, the total number of TS genes found close
to the 241 nt repeat in the T. cruzi CL Brener_S was 244, which is significantly higher than expected
for the random distribution of the repeat (p < 0.01). For the Sylvio X10/1 strain, the Monte Carlo
analysis showed that up to 89 repeats were found close to TS genes after the random re-insertion of the
repeat, as shown in Figure 2F. Again, the number of TS genes flanking the 241 nt repeat (dashed line
in Figure 2F) in the genome sequence of Sylvio X10/1 was significantly higher (p < 0.01) than that
expected by chance distribution of the repeat in the genome. Therefore, these findings indicate that the
proximity of repeats and the TS genes was not randomly distributed in the genomes analyzed and may
have biological function.

We then analyzed the pattern of gene distribution in downstream genes, which was found to
differ from that in upstream genes. The same multigenic family enriched upstream of the repeat
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(trans-sialidase, MASP, mucin and GP63) represented 35.5% of the downstream genes in the CL
Brener_S, 39.8% in the CL Brener_P, 34.9% in the Y strain and 34.7% and 31.3% in the Dm28c and TCC
strains, respectively. Additionally, two other multigenic family genes were among the downstream
genes: DGF-1 (2.7% in Dm28c, 8.2% in Y, 5.4% in TCC, 8% and 7% in CL Brener S and P, respectively)
and RHS (13.5% in Dm28c, 14.7% in Y, 15.6% in TCC, 9% and 11.7% in CL Brener S and P, respectively).
The remaining genes were mostly genes for hypothetical proteins (7.6% in DM28c, 38.8% in Y, 9.5% in
TCC, 40.5% in CL Brener_S and 33.1% on CL Brener_P). The Dm28c and TCC strains also presented
“unspecific product” genes that represented 38.8% of the downstream genes in the first strain and
31.5% in the latter (Figure 2D). The higher amount of hypothetical protein genes and the lower amount
of multigenic family genes among the downstream genes corroborate the closer relation of the repeat
to upstream genes than to downstream genes.

In addition to the strains analyzed above, we also verified the repertoire of genes located
upstream and downstream to the 241 nt repeats in T. cruzi Brazil A4 and Sylvio X10/1 strains (PacBio
sequenced) as well as in the ancestral T. cruzi marinkellei strain. The Brazil A4 strain and T. cruzi

marinkellei presented similar repertoires in their upstream genes (Supplementary Files S8 and S9),
where trans-sialidase genes represented the great majority (73.7% in Brazil A4 and 75% in T. cruzi

marinkellei), followed by MASP genes (13% in Brazil A4 and 6.3% in T. cruzi marinkellei). Other multigenic
family genes were also observed among the upstream genes (Supplementary Files S8 and S9) and,
collectively, the multigenic family genes (TS, MASP, mucin and GP63) represented 93.7% and 85% of
the upstream genes from the Brazil A4 strain and T. cruzi marinkellei, respectively. When analyzing
genes found downstream to the repeat, the repertoires found in Brazil A4 and T. cruzi marinkellei were
similar to those found in previously analyzed strains but differed in the amount of multigenic family
genes (Supplementary Files S8 and S9). In the ancestral T. cruzi marinkellei, MASP genes comprised
36.8%, followed by trans-sialidase and hypothetical protein genes (both representing 13.2% of the
downstream genes). In the Brazil A4 strain, the most abundant genes among downstream genes
were hypothetical protein genes (35.8%) and trans-sialidase (24.1%) (Supplementary Files S8 and S9).
Surprisingly, T. cruzi Sylvio X10/1 strain analysis revealed different genes flanking the 241 nt repeat
(Supplementary Files S8 and S9). Bacterial neuraminidase repeat (BNR)-like domain genes were the
most abundant genes among the upstream genes (49.82%) and the second most abundant among the
downstream genes (27.86%). The concanavalin A-like lectin/glucanases superfamily represented 20%
of the upstream genes and 14.5% of the downstream genes, while leishmanolysin represented 7.64%
of the upstream genes and 8.4% of the downstream genes. RHS (5.09% and 3.44%, of the upstream
and downstream genes respectively), EF1-γ (4.73% and 2.29% of the upstream and downstream genes
respectively), trans-sialidase (1.09% and 0.38% of the upstream and downstream genes respectively)
and DGF-1 (4.73% of the upstream genes) also flanked the repeat. Genes identified as “unspecific
products” comprised 35% of the downstream genes (Supplementary Files S8 and S9). The fact that the
241 nt repeat is exclusive to T. cruzi and that the bat subspecies T. cruzi marinkellei presented similar
composition illustrates how ancient this repeat found among T. cruzi is and reinforces its potential
biological role.

3.4. The 241 nt Repeat Is Found Closer to Upstream Genes and May be Part of the 3′UTR of Trans-Sialidase
Gene mRNA

The intergenic location of the 241 nt repeat and the different gene profiles of upstream and
downstream genes of the repeat motivated us to determine the distance between the 241 nt and the
upstream and downstream genes (indicated by “dup” and “ddown” on Figure 2B). Comparing the
distances from the 241 nt repeat to the upstream and downstream genes, it was observed that the
241 nt repeat was found to be significantly closer to upstream genes than to downstream genes in
all of the T. cruzi strains analyzed (Figure 3A and Supplementary Files S8 and S9) including T. cruzi

marinkellei (Supplementary Files S8 and S9), with the exception of Sylvio X10/1 strain (Supplementary
Files S8 and S9).
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Figure 3. Distance from 241 nt repeats of upstream and downstream genes. The distances of each
gene upstream (blue symbols) and downstream (red symbols) of the 241 nt repeat are plotted on the
graph. Horizontal bars indicate the mean, and * indicates a p value < 0.001 from the Student’s t-test.
(A) Distance from the 241 nt repeat to upstream genes and downstream genes on Dm28c, Y, TCC and
CL Brener Esmeraldo-Like haplotype and non-Esmeraldo-Like haplotype. (B) Distance from 241 nt to
the four main multigenic families of genes among upstream and downstream genes on Dm28c, Y, TCC
and CL Brener genome sequences. (C) Distance from the repeat to hypothetical proteins.

When the distance between the repeat and each multigenic family was analyzed, the 241 nt repeat
was found to be significantly closer to some upstream multigenic families, including trans-sialidase,
MASP and mucin, on all strains analyzed. The GP63 from upstream genes was closer to the repeat than
from downstream genes; however, it was significant only in the Dm28c strain (Figure 3B). In contrast,
the distance from RHS to the repeat was different among strains, while in Y and CL Brener P strains,
the repeat was closer to upstream RHS genes (significant only in the Y strain), and in Dm28c and TCC,
the repeat is closer to RHS from downstream genes (Figure 3C).

The proximity of the 241 nt repeat to upstream genes raised the question whether this repeat
could be transcribed as part of the 3′UTRs mRNA of upstream genes. Since the UTR length of mRNA
from T. cruzi varies in size, ranging from 17 to 2800 nucleotides, and is generally limited to 56.65% of
the final mRNA [31], we used these two pieces of information to infer the possible presence of the
241 nt repeat in the 3′UTR of trans-sialidase, MASP, mucin and GP63 final mRNA. To this end, we first
calculated the distance from the first nucleotide after the stop codon (of upstream gene) to the last
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nucleotide of the 241 nt sequence, as shown in Figure 4A (dB), and then analyzed the proportion of
genes where dB was lower than 2800 bp. Second, we calculated the distance from the first nucleotide
of upstream genes to the last nucleotide of the 241 nt repeat (dA in Figure 4A) and calculated the
ratio of dB/dA. Then, the proportion of genes where dB/dA was lower than 56.65% was investigated.
Therefore, when dB is lower than 2800 bp and the dB/dA ratio is lower than 56.65%, it is possible that
the repeat is enclosed into the 3′UTR of the final mRNA.

 

′
′

′
′

′

′

Figure 4. The 241 nt repeat is found in the 3′UTR of upstream genes. (A) Schematic representation
of upstream and downstream genes to the 241 nt sequence and distances used to predict the 3′UTR
length (dA). (B) Predicted 3′UTR including the 241 nt sequence (distance dA is represented on “b”).
The percentage of genes that predicted 3′UTR represents less than 2800 bp of the mRNA and is
listed on the left of the graphs. (C) The predicted 3′UTR size (distance dB is represented on “b”,
which includes the 241 nt sequence) in proportion to the final full mRNA was plotted. The percentage
of genes that predicted 3′UTR represents less than 56.65% of the mRNA is listed on the left of the
graphs. In (B) and (C), the four major representative genes among upstream and downstream genes
are represented. Abbreviations: MASP-mucin-associated surface protein and GP-glycoprotein.

Over 96% of the trans-sialidase genes from DM28c, Y, TCC, and CL Brener showed a dB lower
than 2800 bp and a dB/dA ratio lower than 56.65% (Figure 4B,C). For MASP genes, there was variation
among the strains: In Dm28c, 66.9% of the MASP genes showed a dB lower than 2800 bp (Figure 4B),
and 65.7% of the MASP genes showed a dB/dA ratio lower than 56.65% (Figure 4C). In Y strains, 98% of
the MASP genes showed a dB lower than 2800 bp (Figure 4B), and 92.5% of the MASP genes showed
a dB/dA lower than 56.65% (Figure 4C). In TCC, 72.2% of the MASP genes showed a dB lower than
2800 bp (Figure 4B), and 70% of the MASP genes showed a dB/dA lower than 56.65% (Figure 4C).
In the CL Brener strain, 90.6% (S) and 89.1% (P) of the MASP genes showed a dA lower than 2800 bp
(Figure 4B), and 82.3% (S) and 86.7% (P) of the MASP genes showed a dB/dA ratio lower than 56.65%
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(Figure 4C). The analysis of GP63 genes showed that 100% of the GP63 genes from Dm28c, TCC and
CL Brener S had a dB lower than 2800 bp (Figure 4B) and a dB/dA lower than 55.65% (Figure 4C).
In the Y strain, 98.2% of GP63 genes showed a dB lower than 2800 bp (Figure 4B), and 83.6% of the
GP63 genes showed a dB/dA ratio lower than 56.65% (Figure 4C). In CL Brener P, 78.6% of the GP63
genes showed a dB lower than 2800 bp (Figure 4B) and a dB/dA ratio lower than 56.65% (Figure 4C).

As can be observed from the results described above, trans-sialidase, MASP and GP63 genes
(from the four strains) had similar proportions of genes with a dB lower than 2800 bp and a dB/dA
ratio lower than 56.65%. However, the analyzed mucin genes presented greater differences between
the dB and dB/dA ratio analyses. In Dm28c, 66.7% of mucin genes showed a dB lower than 2800 bp
(Figure 4B), and 0% of mucin genes showed a dB/dA lower than 56.65% (Figure 4C). In the Y strain,
92.5% of mucin genes showed a dB lower than 2800 bp (Figure 4B), and 83.6% of mucin genes showed
a dB/dA lower than 56.65% (Figure 4C). In TCC, 91.3% of mucin genes showed a dB lower than 2800 bp
(Figure 4B), and 47.8% of mucin genes showed a dB/dA ratio lower than 56.65% (Figure 4C). In CL
Brener, 92.9% (S) and 95.5% (P) of mucin genes showed a dB lower than 2800 bp (Figure 4B), and 42.9%
(S) and 90.9% (P) of mucin genes showed a dB/dA ratio lower than 56.65% (Figure 4C).

These data suggest that the 241 nt repeat can be part of the 3′UTR of the final mRNA of most
trans-sialidase, MASP and GP63 genes. The mucin genes analyzed here showed a lower proportion
where the 241 nt repeat is located in the 3′UTR. Additionally, mucin is the multigenic family with the
fewest genes in the genome associated with the repeat (approximately 5%; Supplementary File S8);
thus, any function of this repeat may have a minor role on mucin genes.

3.5. The 241 nt Repeats Are Found Significantly Expressed in Transcriptomes and Highly Correlated to the
mRNA 3′UTR Sequence

To answer the question whether the 241 nt repeat is indeed expressed in the 3′ UTR of the final
RNA and the possible role of this repeat in gene expression, transcriptome datasets available in
GenBank [32] were analyzed. First, we selected all RNA-seqs of epimastigote and trypomastigote
forms with at least two replicates each. Only the Dm28c, Y and CL Brener strains were available,
and only the Y and CL Brener transcriptome data could be analyzed due to the percentage of aligned
reads (Supplementary File S10). Therefore, RNAseq data of the T. cruzi CL Brener strain (Franco G.R.,
unpublished data) and Y strain [33,34] from epimastigote and trypomastigote forms were aligned
against a reference genome sequence, coverage analysis was performed, and the expression profiles of
the 241 nt repeat and surrounding regions were obtained.

To determine the presence of reads covering the 241 nt repeat sequence, the counts per million
reads mapped (CPM) parameter was used. The cut-off value of 2 was established, and CPMs over 2
were considered as a significant expression of the analyzed region. Figure 5A shows the CPM values
from epimastigote and trypomastigote forms of Y and CL Brener strains, and the great majority of the
repeats are expressed in epimastigote forms (96.9% in Y and 70.6% and 76.5% in CL Brener S and P,
respectively) and trypomastigote forms (66.4% in Y and 100% in CL Brener S and P). In fact, the CPM
mean is over 60 in both strains (in the epimastigote form of the Y strain and in the trypomastigote form
of the CL Brener strain). Thus, the 241 nt repeats are not just a repetitive element on the genome but
also are expressed as constituent of the final RNA.
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Figure 5. RNA-seq analysis from Y and CL Brener strains of T. cruzi. After RNA-seq alignment with
reference genomes (Y and CL Brener strains), the coverage and expression profile were obtained from
241 nt repeats and surrounding regions. (A) CPM values from 241 nt repeats in epimastigotes (light gray)
and trypomastigotes (dark gray) (CL Brener and Y strain). The dashed line indicates the cut-off (2).
(B–D) TPM values from transcripts aligned in the 241 nt repeat, dup and ddown segments of CL Brener_S
(B), CL Brener_P (C) and Y strain (D). (E–G) Gene expression profile of multigenic families associated
and nonassociated with the 241 nt repeat. The Log2(FC) values of the trypomastigote/epimastigote
ratios were calculated, and a FC of 1.5 x was chosen as the cut-off. A Log2(FC) > 0.585 indicates
genes upregulated in trypomastigotes (dark gray), a log2(FC) < −0.585 indicates genes upregulated
in epimastigotes (light gray) and a log2(FC) between −0.585 and 0.585 indicates nondifferential
expression (black). Abbreviations: CPM-counts per million; TPM-transcripts per million, FC-fold
change, TS-trans-sialidase, MASP-mucin-associated surface protein, DGF-1-dispersed gene family,
RHS-retrotransposon hot spot and MF-multigenic family.

Once the presence of the 241 nt repeat is confirmed in mRNAs, we then analyzed if the 241 nt
repeat was indeed in the 3′ UTR of multigenic family genes (trans-sialidase, MASP, mucin and GP63),
as predicted by the genomic analysis. For that, the TPM of three regions were considered: the 241 nt
repeat, the region between the repeat and upstream gene (indicated by dup in Figure 2B) and the region
between the repeat and downstream gene (indicated by ddown in Figure 2B). Additionally, only the
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241 nt repeats flanked by one upstream gene and one downstream gene were considered (patterns ++
and −− of Figure 2B and Table 3).

Some background information is provided below:

(i) The TPM parameter interprets the transcriptional abundances of determined regions, allowing
comparison of the proportion of reads among mapped regions because the TPM normalizes the
depth and length of the sequencing data.

(ii) The dup encloses the 3′ UTR, while the ddown corresponds to the entire region between the
nucleotide just after the 241 nt repeat to the last nucleotide before downstream gene. Therefore,
the ddown encloses the segment transcribed from the genome but lost after trans-splicing as well
as the 5′ UTR of the downstream gene. Thus, dup will have higher amounts of transcripts (higher
TPM), and ddown will have lower amounts of transcripts (lower TPM).

Therefore, the TPM analysis rationale was that if the 241 nt repeat is part of the mRNA 3′ UTR,
the TPM from the repeat and dup would be more similar, but if the 241 nt repeat is not part of the 3′

UTR, the repeat TPM would be similar to the ddown TPM. Figure 5B–D show the mean TPM values
from the Y strain (Figure 5B), CL Brener_S (Figure 5C) and CL Brener_P (Figure 5D). The TPMs of the
241 nt repeat regions are higher than the TPMs of ddown, and repeat TPM values are closer to the dup

TPMs. To assess whether there is an association of the TPM value from repeat and dup, a statistical test
was applied.

In the CL Brener (S and P) and Y strains, the 241 nt repeats were significantly associated with dup

according to the one-tailed sign test (p-value < 0.01 for both strains). There was a strong association
between the repeat and the dup corresponding to the genes of multigenic families (trans-sialidase,
MASP, mucin and GP63). The remaining genes showed no significant association with the repeats in
CL Brener-S (p = 0.82), borderline significance for CL Brener-P (p = 0.046), and a significant association
for the Y genome (p = 0.002), although in all cases, the association was not as strong as that in the set of
the four gene families (trans-sialidase, MASP, mucin and GP63).

Additionally, the regions corresponding to dup and the 241 nt repeat were analyzed in terms
of their coverage, and most of these regions on CL Brener and Y strains were completely covered
(Supplementary File S11). Taken together, these data strongly indicate that the 241 nt repeat is
indeed expressed in the 3′ UTR of the genes of multigenic families such as trans-sialidase, MASP,
mucin and GP63.

3.6. Distinct Expression Profile Between the Epimastigote and Trypomastigote of Genes Is Associated with the
241 nt Repeat

The RNA-seq data also allowed us to quantify the expression profile of epimastigotes and
trypomastigotes from CL Brener and Y strains. In that manner, six multigenic family (MF) genes were
selected, and four were found to be enriched among upstream genes (trans-sialidase, MASP, mucin and
GP63) plus DGF-1 and RHS (enriched among downstream genes). For this analysis, only upstream
genes and downstream genes from patterns ++ and −− (Figure 2B) were considered, and all genes
annotated as “pseudogene” were excluded.

The log2(fold change, FC) ratio of trypomastigote/epimastigote from the six multigenic family
genes were calculated, and the results are summarized in Figure 5E–G. A FC (fold change) of 1.5
was established, and thus, genes were considered upregulated in trypomastigotes when the log2(FC)
was higher than 0.585 and upregulated in epimastigotes when the log2(FC) was lower than −0.585.
Figure 5E–G shows the percentage of genes differentially expressed in epimastigotes or trypomastigotes
as well as the percentage of genes not differentially expressed. The MF genes were organized into four
different groups so that the FC could be compared among them: 1. total MF genes from the genome;
2. MF genes that are not flanking the 241 nt repeat (nonassociated); 3. MF genes located upstream
to the 241 nt repeat; and 4. MF genes located downstream to the 241 nt repeat. Analyzing the FCs
of the genes of the six multigenic families of T. cruzi Y strain, a similar distribution among the three

111



Genes 2020, 11, 1235

FC ranges was observed (Figure 5E): 32% of the total MF genes were upregulated in trypomastigotes,
35% were upregulated in epimastigotes, and 35% had no differential expression.

MF genes not associated with the 241 nt repeat and MF genes among downstream genes had
similar results to the total MF genes; however, the group of MF genes among the upstream genes
showed a decrease in the percentage of genes upregulated in trypomastigotes (~14%).

In T. cruzi CL Brener, the total MF genes showed that ~38% in S and ~39% in P of the genes
are not upregulated in epimastigotes and trypomastigotes; meanwhile, ~29% in S and ~30% in P
are upregulated in epimastigotes, and ~33% in S and ~31% in P are upregulated in trypomastigotes.
Slight changes were observed among MF nonassociated genes; however, MF among upstream genes
showed an increase in the percentage of genes upregulated in trypomastigotes (~53% in S and ~39%
in P) together with a decrease in the percentage of upregulated genes in epimastigotes (~16% in S
and ~22% in P). Additionally, MF among the downstream genes of CL Brener P showed a decrease in
epimastigote upregulated genes (~20%), while in CL Brener S the percentage of MF among downstream
genes was similar to that of the MF nonassociated genes.

These changes in differential expressed genes (DEG) of MF genes containing the 241 nt repeat
in 3′ UTR strongly point to a relevant role of the 241 nt repeat in gene expression regulation among
different life cycles of T. cruzi.

4. Discussion

The T. cruzi genome presents a highly repetitive DNA fraction that comprises at least 50% of
its genome [14]. Apart from multigenic families, which encode mostly surface proteins and have
some of their functions established, most of the repetitive elements in the T. cruzi genome do not
yet have a defined function. Through a new approach of genome screening using a sliding window
of 150 nucleotides, sequential filtering steps, and alignment of the resulting sequences, a resulting
repetitive sequence of 241 nts was identified and mapped in each chromosome of clone CL Brener
through Blast-n search in TriTrypDB. Further analysis showed that the 241 nt repeat is found in all
strains of T. cruzi as well as in the ancestral strain T. cruzi marinkellei. This sequence was found to
be distributed on almost all chromosomes of CL Brener and Y strains as an interspersed repetitive
element and enriched in chromosomes with high concentrations of multigenic families, such as
chromosomes 18, 28, 38, and 48 from CL Brener S [35]. However, the 241 nt repeat seems to not
be randomly distributed along the genome, as it has a close relationship with its upstream genes
(defined according to its transcription orientation). Analyzing the distance between the 241 nt and
the upstream and downstream genes, a significantly shorter distance was observed from this element
to upstream genes. Furthermore, the repertoire of genes found upstream from the 241 nt repeat was
mostly composed of surface protein genes in all analyzed strains (Dm28c, Y, TCC, CL Brener, Brazil A4)
and T. cruzi marinkellei. Surprisingly, in the Sylvio strain, we did not observe the proximity of the
241 nt repeat to upstream genes, and genes flanking the repeat were not the same as those found in all
other strains. Since the other strains from TcI, TcII, and TcVI as well as the ancestral T. cruzi marinkellei

presented the same repertoire of genes flanking the 241 nt repeat, the differences in the repertoire found
in the Sylvio strain could be from genome assembly that is fragmented in repetitive regions [30].

In the T. cruzi genome, repeated elements (micro- and minisatellite repetitive DNA, retroelements)
and multigenic families encoding surface proteins (TS, GP63, MASP, and mucins), DGF-1 and RHS are
located in large nonsyntenic regions [16,36,37], also named disruptive compartments [37]. Since the
241 nt repeats are primarily associated with the surface protein genes RHS and DGF-1, they have been
mapped on the nonsyntenic regions of the genome. Interestingly, even the hypothetical protein genes
carrying the 241 nt repeat were mapped to this region. Taken together, these results suggest that the
duplication of 241 nt repeats occurred together with the expansion of multigenic families in T. cruzi.

Transcriptome data analysis showed that the 241 nt repeat is indeed expressed in epimastigote and
trypomastigote forms of T. cruzi (strains Y and CL Brener). Moreover, the 241 nt repeat is transcribed
as part of 3′ UTR of trans-sialidases, MASP, mucin and GP63 and its presence seems to be involved in
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gene expression regulation. Gene expression analysis of trypomastigotes and epimastigotes (Y and CL
Brener) indicated that MF genes associated with the 241 nt repeat are differentially expressed when
compared to the MF genes nonassociated with the repeat. In CL Brener strain, a higher percentage of
MF genes among upstream genes are upregulated in trypomastigotes, while in the Y strain, the MF
genes among upstream genes are downregulated in trypomastigotes. However, the molecular bases
that contribute to different expression patterns of genes harboring the 241 nt repeat in each of the two
strains (Y and CL Brener) remain unknown.

Three findings reinforce the possibility of a biological function for this repeat: (i) the presence
of the 241 nt repeat in the genomes of all analyzed DTUs and in the ancestral T. cruzi marinkellei;
(ii) the conserved repertoire of genes flanking the 241 nt repeat in different strains and in the ancestral
subspecies; and (iii) the presence of the 241 nt in the 3′ UTR region of MF genes whose expression
changes in different forms of T. cruzi life cycle. Therefore, we propose that the 241 nt repeat could serve
as a cis-regulatory element on mRNA, playing a role in the posttranscriptional regulation of surface
proteins of T. cruzi. UTR segments are involved in gene expression regulation, regulating mRNA
transcription to mRNA decay [38] and in the interaction of mRNA with other RNA molecules [39].
Diverse elements in the 3′ UTR region have been described to have cis-regulatory functions in gene
expression [40,41] not only in later divergent eukaryotes but also in trypanosomatids [10,20,42–44].
In T. cruzi, for example, mRNAs harboring a 43-nt U-rich element in its 3′UTR are upregulated
in amastigote forms. This U-rich sequence is subject to TcUBP1 (a RNA binding protein) binding,
which leads to mRNA destabilization in epimastigotes and mRNA expression in amastigotes [45].
Moreover, in Leishmania, a 450-nt sequence was identified and showed the cis-regulatory function of
mRNAs, causing an amastigote stage-specific expression of mRNA harboring it on its 3′ UTR [10].
Further experiments are necessary to investigate the proposed biological function for this repeat that,
if confirmed, will contribute to the understanding of the controlled expression of genes in T. cruzi,
a medically important organism that presents a unique system of gene expression among eukaryotes.

5. Conclusions

Through a new approach of genome screening that involves nucleotide window sliding, filtering
steps, and sequence alignment, a novel repetitive sequence of 241 nts was identified. The 241 nt element
(named 241 nt repeat) is not found on the T. brucei and Leishmania sp genomes, and it is interspersed on
almost all chromosomes of T. cruzi (Y and CL Brener strain). The repertoire of genes found upstream
from the 241 nt repeat was mostly composed of surface protein genes encoding trans-sialidases, MASP,
mucins and GP63 protease. Since (i) this new repeat was found to be transcribed as part of the 3′

UTR of mRNAs of these multigenic families and (ii) MF harboring the 241 nt repeat presents a gene
expression profile different from those not harboring the repeat, the involvement of the 241 nt repeat in
the control of gene expression in T. cruzi is strongly suggested.

Supplementary Materials: The following are available online at http://www.mdpi.com/2073-4425/11/10/1235/s1;
Supplementary File S1. DNA sequence of the 241 nt repeat; Supplementary File S2. Number of retrieved sequences
from the 241 nt Blast-n search on available genome sequences of Leishmania, Trypanosoma brucei and T. cruzi
from TritrypDB; Supplementary File S3. Graphs representing the frequency and location of 241 nt repeats on
each chromosome of the Esmeraldo-like haplotype from the T. cruzi CL Brener genome; Supplementary File S4.
Graphs representing the frequency and location of 241 nt repeats on each chromosome of the non-Esmeraldo-like
haplotype from the T. cruzi CL Brener genome; Supplementary File S5. Graphs representing the frequency and
location of 241 nt repeats on each chromosome of the T. cruzi Y strain (YC6 from TritrypDB). Supplementary File S6.
List of 241 nt repeats found in intergenic region of T. cruzi genome sequences from the following strains: Dm28c, Y,
TCC and CL Brener; Supplementary File S7. List of 241 nt repeats found inside coding regions of T. cruzi genome
sequences from the following strains: Dm28c, Y, TCC and CL Brener; Supplementary File S8. Tables containing
(i) the total number of genes found upstream and downstream to the 241 nt repeat and their representation in
percentage, (ii) List of genes and their percentages among the total genes from the genome sequence and (iii) genes
from the genome found upstream and downstream to the 241 nt repeat (%); Supplementary File S9. Repertoire of
genes flanking the 241 nt repeat in T. cruzi Brazil A4, Sylvio X10/1 and T. cruzi marinkellei and a graph showing
the distance from the 241 nt repeat to upstream and downstream genes of T. cruzi Brazil A4, Sylvio X10/1 and
T. cruzi marinkellei; Supplementary File S10. Table containing information of the RNAseq alignment of T. cruzi CL
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Brener, Y and Dm28c strains. Supplementary File S11. Table containing the percentage of dup region covered by
RNAseq reads of T. cruzi CL Brener and Y strains.
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Abstract: Single-celled eukaryote genomes predominantly replicate through multiple origins.
Although origin usage during the S-phase has been elucidated in some of these organisms, few studies
have comparatively approached this dynamic. Here, we developed a user-friendly website able to
calculate the length of the cell cycle phases for any organism. Next, using a formula developed by
our group, we showed a comparative analysis among the minimum number of replication origins
(MO) required to duplicate an entire chromosome within the S-phase duration in trypanosomatids
(Trypanosoma cruzi, Leishmania major, and Trypanosoma brucei) and yeasts (Saccharomyces cerevisiae and
Schizosaccharomyces pombe). Using the data obtained by our analysis, it was possible to predict the
MO required in a situation of replication stress. Also, our findings allow establishing a threshold
for the number of origins, which serves as a parameter for genome approaches that map origins.
Moreover, our data suggest that when compared to yeasts, trypanosomatids use much more origins
than the minimum needed. This is the first time a comparative analysis of the minimum number of
origins has been successfully applied. These data may provide new insight into the understanding
of the replication mechanism and a new methodological framework for studying single-celled
eukaryote genomes.

Keywords: trypanosomatids; yeasts; trypanosomatids genome; cell cycle phases; S-phase duration;
DNA replication; replication origins

1. Introduction

In cellular organisms, DNA replication is a crucial and highly regulated process that follows
specific steps, which vary slightly between prokaryotes and eukaryotes. In general, the earliest step
in DNA replication is the establishment of replication origins, i.e., the genomic loci where DNA
synthesis begins [1]. The start of replication is preceded by the binding of an initiator at the replication
origins, which recruits and activates the replisome in a process called origin firing. Each origin fired
produces two replication forks in opposite directions (bidirectional movement), which are responsible
for synthesizing DNA at a rate that varies according to the organism and cell type [1–3]. The replication
time required for all chromosomes determines the S-phase duration. Although the S-phase length is
referred to as a way of regulating the cell cycle progression [4,5], recent studies have suggested that it
is extremely robust [6–8].

Studies indicated that bacteria [1,9] and some protozoan parasites, such as Leishmania spp. [10],
typically have one single origin per chromosome. On the other hand, most other eukaryotes, such
as S. cerevisiae and S. pombe, generally have multiple origins per chromosome [9,11–13]. The exact
number of origins per chromosome can vary according to cell type and the cellular environment [14].
However, the minimum number of origins (MO) required to duplicate an entire chromosome within
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a specific S-phase duration must show minimal variation because it depends on two very constant
factors: average replication rate and chromosome size [8].

In trypanosomatids, single-celled eukaryotes that encompass human pathogens are of great
medical importance, and the question about how many origins are needed to replicate an entire
chromosome during the S-phase is totally open [8,10,15,16]. Even for the widely studied domain
Bacteria and the model eukaryote S. cerevisiae, this discussion is not yet a closed subject [1,17–19].

Here, we developed a website that is able to determine the duration of each cell cycle phase—G1,
S, G2, mitosis (M), and cytokinesis (C)—in any organism. After using this website to obtain the S-phase
duration for the organisms analyzed, we applied a formula developed by our group [8] and showed
a comparative analysis between the minimum number of origins (MO) in trypanosomatids (T. cruzi,
L. major, and T. brucei) and yeasts (S. cerevisiae and S. pombe). In addition to contributing to a discussion
of why some organisms use far more origins than the minimum required, this study provides a clue
about the dynamic of replication during the S-phase, raising questions about the possible phenomena
involved in this process.

2. Materials and Methods

2.1. Trypanosomatids Culture, Growth Curves, and Morphological Patterns

Epimastigote forms of T. cruzi (CL Brener strain) were cultured at 28 ◦C in liver infusion tryptose
(LIT) medium supplemented with 10% (v/v) fetal bovine serum and 1% (v/v) antibiotic/antimycotic
solution. Promastigote forms of L. major (strain Friedlin) were cultured at 26 ◦C in an M199
medium supplemented with 10% (v/v) heat-inactivated fetal calf serum, 25 mM HEPES, and 1%
(v/v) antibiotic/antimycotic solution.

For the growth curves, each parasite culture was initiated with 1 × 106 cells.mL−1. Each growth
curve was harvested and counted daily until it reached the stationary phase. For the establishment of
the morphological patterns, formaldehyde-fixed and DAPI-stained exponentially growing parasites
(T. cruzi and L. major) were examined under an Olympus BX51 fluorescent microscope (Olympus,
Tokyo, Japan) (100× oil objective) to observe the profile of organelles that contain DNA (nucleus and
kinetoplast).

2.2. EdU Incorporation Assays and ‘Click’ Chemistry Reaction

Exponentially growing parasites were incubated with 100 µM 5-ethynyl-2′-deoxyuridine (EdU)
(ThermoFisher Scientific, Waltham, MA, USA) for the time required according to each assay at
species-specific temperatures (28 ◦C for T. cruzi and 26 ◦C for L. major). The parasites were then
harvested by centrifugation at 2500 g for 5 min, washed three times in 1× PBS (137 mM NaCl, 2.7 mM
KCl, 10 mM Na2HPO4, and 2 mM KH2PO4, pH 7.4), and the pellet was resuspended in 200 µL of the
same buffer solution. Afterward, 100µL of the cell suspension was loaded onto poly-L-lysine-pretreated
microscope slides (Tekdon, Myakka, FL, USA), fixed for 20 min using 4% sterile paraformaldehyde
(Merck, Darmstadt, Germany) diluted in 1× PBS, washed three times with 1× PBS, and then washed
three times with 3% BSA (Sigma-Aldrich, Saint Louis, MO, USA) diluted in 1× PBS. Then, parasites
were permeabilized for 10 min with 0.1% sterile Triton X-100 (Sigma Aldrich, Saint Louis, MO, USA)
diluted in 1× PBS, washed three times with 1× PBS, and then washed three times with 3% BSA in 1×
PBS. To detect incorporated EdU, we used the Click-iT EdU detection solution for 45 min protected from
light. The Click-iT EdU detection mix solution consisted of 25 µL 500 mM ascorbic acid (C6H8O6), 5 µL
100 mM copper sulfate (CuSO4), 2.5 µL Alexa fluor azide 488 (ThermoFisher Scientific, Waltham, MA,
USA), and 467.5 µL distilled water (for details about EdU procedure, see ref. [20]). Finally, the parasites
were washed five times with 1× PBS. Vectashield Mounting Medium (Vector, Burlingame, CA, USA)
containing 4′,6-diamidino-2-phenylindole dihydrochloride (DAPI) was used as an antifade mounting
solution and to stain nuclear and kinetoplast DNA. Images were acquired using an Olympus Bx51
fluorescent microscope (100× oil objective) attached to an EXFO Xcite series 120Q lamp and a digital
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Olympus XM10 camera with camera controller software Olympus Cell F (Olympus, Tokyo, Japan).
Images were further analyzed using ImageJ software (National Institutes of Health, USA) to count the
numbers of EdU-positive parasites, and the percentage of proliferating parasites was calculated for
each sample relative to the total number of DAPI-positive parasites.

2.3. Development of the CeCyD Website and Analysis of the Cell Cycle

The website CeCyD (Cell Cycle Duration estimator) was developed using the Python programming
language plus the Django v.1.8 framework. CeCyD is available at the following address http:
//cecyd.vital.butantan.gov.br/, and its source code is released under the GNU GPL-3 license at https:
//github.com/bruno-fs/CeCyD.

To estimate the duration of mitosis (M) and cytokinesis (C), the CeCyD uses the Williams (1971)
equation [21]:

x =
ln(1− y/2)
−α

(1)

where x is the cumulative time within the cell cycle necessary to reach the start of the phase in question,
i.e., the difference between the doubling time and x will give the time of the remaining phase(s); y is the
cumulative proportion of cells up the phase in question (expressed as a fraction of one unit), i.e., the
difference between the total cells (1% or 100%) and the percentage of cells in C or M+C, will provide
the y value for C and M, respectively. Finally, α is the specific growth rate.

To estimate the G2 phase, the CeCyD must receive from the user the value corresponding to the
period required for a cell to pass through G2 and M phases. For this, the user must apply an EdU pulse
(e.g., 15 min) and then collected parasites every 15 min until a single cell containing two EdU-labeled
nuclei (2N2K in case of trypanosomatids) is observed. The difference between this value and the
duration of mitosis previously calculated corresponds to the G2-phase duration.

The S-phase duration is estimated by the CeCyD according to the Stanners and Till (1960)
equation [22]:

S =
1
α

ln[L + eα(Z)] − (Z + t) (2)

where L is the proportion of cells exhibiting EdU-labeled nuclei, α = ln 2/T (T = doubling time
expressed in hours), Z = G2 +M + C, and t is the duration of the EdU labeling period in hours. Finally,
the G1-phase duration is estimated by the difference between the doubling time and the sum of the
remaining phases.

2.4. Estimation of the Minimum Number of Replication Origins (MO)

To estimate the MO needed to replicate an entire chromosome within the S-phase duration,
we developed a mathematical inequation [8]. This formula uses as argument the S-phase duration (S)
(which can be estimated by the CeCyD website), the size of the chromosome in question (N), and the
replication rate (v). The lower bound MO for the number of origins required to replicate an entire
chromosome is given by:

mo ≥ ⌈
N

2, v, S
⌉, (3)

Of note, if the right-hand side of this inequation results in a fraction of a unit, then the next higher
integer unit must be taken as the result of the inequation, which is represented by the ceiling function
(⌈ ⌉).

For each organism analyzed, we used as parameters for the formula up-to-date data available
in the TriTrypDB database (www.tritrypdb.org), NCBI database (www.ncbi.nlm.nih.gov), and data
reported in the studies related [3,8,11–13,23–26] (see Table 1 for more details).
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2.5. Origins Estimated by DNA Combing

To estimate how many origins are activated (on average) during the S-phase in any organism,
we develop a simple mathematical equation. This equation uses a ratio between the size of the
chromosome in question (N), and the inter-origin distance (IOD) obtained by DNA combing to estimate,
on average, the total number of origins fired during the S-phase. The equation is given by:

Oc =
⌈

N

IOD

⌉

, (4)

If the right-hand side of this equation results in a fraction of a unit, then the next higher integer
unit must be taken as the result of the inequation, which is represented by the ceiling function (⌈ ⌉).

3. Results and Discussion

3.1. The CeCyD Website Allows a Quick Estimation of the Cell Cycle Phases Duration

Many studies have been using the two formulas developed by Williams (1971) [21] and Stanners
and Till (1960) [22] to estimate the length of the cell cycle phases [8,27–32]. However, these estimations
demand time and attention due to a large number of calculations involved. Also, they are subject
to errors during the calculations. To facilitate the calculations and optimize the time consumed of
these estimations, we developed a website called CeCyD (Cell Cycle Duration estimator), as shown in
Figure 1A. CeCyD is available at the address http://cecyd.vital.butantan.gov.br/.

Briefly, CeCyD is a user-friendly website able to calculate the values of cytokinesis (C), mitosis
(M), G2, S, and G1 phases of the cell cycle, for any organism. For this, the user needs the following
experimental parameters: doubling time, percentage of cells in cytokinesis, percentage of cells in mitosis,
minimum time to detect two EdU-labeled nuclei in the same cell, percentage of cells EdU-labeled after
EdU pulse, and the duration of this EdU pulse.

To test and evaluate the efficiency of the CeCyD, we first obtained the parameters required for
L. major and T. cruzi (CL Brener strain) from experimental analyses, as displayed in Figure S1. Then,
we withdrew the same parameters for T. brucei from our previous study [8]. Next, we imputed the
parameters in the CeCyD and estimated the duration of the cell cycle phases for each of these organisms,
as shown in Figure 1B. T. cruzi presented G1 = 5.91 h (0.246 ccu), S = 9.86 h (0.411 ccu), and G2 +M + C
= 8.23 h (0.343 cuu); L. major presented G1 = 5.52 h (0.53 ccu), S = 3.2 h (0.31 ccu), and G2 +M + C =
1.78 h (0.16 ccu); and T. brucei presented G1 = 3.37 h (0.397 ccu), S = 2.31 h (0.272 ccu), and G2 +M + C
= 2.82 h (0.331 ccu). Of note, ccu means cell cycle unit, where one unit corresponds to the doubling
time of each organism.

As expected, for T. brucei, the values provided by CeCyD were the same as those obtained in
our previous work [8]. For both L. major and T. cruzi, when we compare the values provided by
CeCyD with those obtained from other studies [30,32,33], we can observe similarities among the
length of the cell cycle phases when EdU is used to monitor DNA replication [30]. However, when
5-bromo-2′-deoxyuridine (BrdU) is used to monitor DNA replication instead of EdU, the values
obtained shown pronounced differences [33]. As already reported by our group [30], this discrepancy
can be explained by the fact that there are differences in the detection of BrdU/EdU incorporation
assays, i.e., EdU is more sensitive in monitoring DNA replication than the halogenated thymidine
analogs (e.g., BrdU).

For our analyses, we used the S-phase duration from T. cruzi, L. major, T. brucei, S. cerevisiae, and S.

pombe. Of note, for T. brucei, S. cerevisiae, and S. pombe, we did not use the CeCyD because the cell cycle
phases duration for these organisms were already available [8,25,26,34,35], as shown in Figure 1B. Also,
the cell cycle parameters used here were obtained from epimastigote cells of T. cruzi, promastigote cells
of L. major, procyclic cells of T. brucei, mother cells of S. cerevisiae, and mitotic cells of S. pombe.
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Figure 1. The user-friendly website CeCyD allows a quick estimation of the cell cycle phases duration for
any cell type. (A) Screenshot of the CeCyD website showing the parameters to be inserted. This website
is available at the address http://cecyd.vital.butantan.gov.br/. (B) Estimation of the cell cycle phases
lengths (G1, S, and G2+M+C/G2+M) for T. cruzi, L. major, T. brucei, S. cerevisiae, and S. pombe. For T. cruzi,
L. major, and T. brucei from calculations made using the CeCyD website. For S. cerevisiae and S. pombe,
the values were obtained from other studies [25,26,34,35].

3.2. The Parameters Chromosome Size, S-Phase Duration, and Replication Rate Allow Estimating the MO per
Chromosome in Any Organism

In a recent study, our group developed a formula able to estimate the MO required to duplicate
an entire chromosome within the S-phase duration [8]. The development of this formula was based
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on the bidirectional movement of the replication forks, replication rate, S-phase duration, and the
chromosome size in question. Although used only in T. brucei so far, this formula can be applied in
any cell type. To demonstrate this, we estimated the MO in T. cruzi, L. major, T. brucei (using updated
parameters), S. cerevisiae, and S. pombe, as shown in Table 1.

Table 1. Calculation of the minimum number of origins (MO) per chromosome in trypanosomatids
(T. cruzi, L. major, and T. brucei) and yeasts (S. cerevisiae and S. pombe).

Chrom.
T. cruzi 1 L. major 2 T. brucei 3 S. cerevisiae 4 S. pombe 5

Size (bp) MO Size (bp) MO Size (bp) MO Size (bp) MO Size (bp) MO

I 77,958 1 268,988 1 1,064,672 2 230,19 3 5,598,923 129
II 151,740 1 355,712 1 1,193,948 2 813,14 9 4,397,795 101

III 196,644 1 384,502 1 1,653,225 2 315,34 4 2,465,919 57
IV 200,401 1 472,852 1 1,590,432 2 1,522,19 16 - -
V 227,319 1 465,823 1 1,802,303 2 574,86 7 - -

VI 389,024 1 516,869 1 1,618,915 2 270,15 3 - -
VII 391,095 1 596,352 1 2,205,233 3 1,090,94 12 - -

VIII 393,423 1 574,960 1 2,481,190 3 562,64 6 - -
IX 509,634 1 573,434 1 3,542,885 4 439,88 5 - -
X 518,846 1 570,865 1 4,144,375 5 745,44 8 - -

XI 526,141 1 582,573 1 5,223,313 6 666,45 7 - -
XII 533,093 1 675,346 1 - - 1,078,17 12 - -

XIII 558,364 1 654,595 1 - - 924,43 10 - -
XIV 598,625 1 622,644 1 - - 784,33 9 - -
XV 612,853 1 629,517 1 - - 1,091,28 12 - -

XVI 646,207 1 714,651 1 - - 948,06 10 - -
XVII 648,584 1 684,829 1 - - - - - -

XVIII 655,081 1 739,748 1 - - - - - -
XIX 671,453 1 702,208 1 - - - - - -
XX 656,799 1 742,537 1 - - - - - -

XXI 704,149 1 772,972 1 - - - - - -
XXII 710,778 1 716,602 1 - - - - - -

XXIII 655,477 1 772,565 1 - - - - - -
XXIV 779,922 1 840,950 1 - - - - - -
XXV 822,374 2 912,845 1 - - - - - -

XXVI 801,422 1 1,091,540 2 - - - - - -
XXVII 850,241 2 1,130,424 2 - - - - - -

XXVIII 853,233 1 1,160,104 2 - - - - -
XXIX 870,934 1 1,212,663 2 - - - - - -
XXX 863,882 1 1,403,434 2 - - - - - -

XXXI 947,473 1 1,484,328 2 - - - - - -
XXXII 968,069 1 1,604,637 2 - - - - - -

XXXIII 1,041,172 1 1,583,653 2 - - - - - -
XXXIV 1,065,764 1 1,866,748 2 - - - - - -
XXXV 1,186,946 1 2,090,474 3 - - - - - -

XXXVI 1,180,744 1 2,682,151 3 - - - - - -
XXXVII 1,355,803 1 - - - - - - - -

XXXVIII 1,444,805 1 - - - - - - - -
XXXIX 1,854,104 1 - - - - - - - -

XL 2,036,760 1 - - - - - - - -
XLI 2,371,736 1 - - - - - - - -

1 T. cruzi: S-phase duration = 591.6 min (current study), replication rate = 2.05 kb·min−1 [23]; 2 L. major: S-phase
duration = 192 min (current study), replication rate = 2.44 kb·min−1 [3]; 3 T. brucei: S-phase duration = 138.6 min [8],
replication rate = 3.06 kb·min−1 [8]; 4 S. cerevisiae: S-phase duration = 30 min [34,35], replication rate = 1.6 kb·min−1

[11]; 5 S. pombe: mitotic S-phase duration = 24 min [25,26], mitotic replication rate = 0.91 kb·min−1 [24].

Among the single-celled eukaryotes analyzed here, T. cruzi draws attention because it is the only
organism that requires only one origin per chromosome (MO = 1) to replicate its nuclear genome
within the S-phase duration, as displayed in Table 1. L. major, on the other hand, requires more than
one origin per chromosome to replicate its larger chromosomes (>1000 kb), while T. brucei, S. cerevisiae,
and S. pombe requires more than one origin per chromosome to replicate their nuclear genomes, even
for small chromosomes (<1000 kb), as shown in Table 1. As the formula to estimate the MO (Equation
(3)) depends on the chromosome size, S-phase duration, and replication rate, the explanation for these
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organisms possess different MOs is related to these variables. For instance, T. cruzi has a long S-phase
duration (9.86 h or 0.411 ccu) relative to other organisms analyzed here shown in Figure 1B, which
justifies its MO per chromosome equaling 1, as presented in Table 1. Figure 1B and Table 1 show that
T. brucei has an S-phase duration and replication rate similar to L. major; however, its chromosomes
are larger than 1,000,000 bp (called megabase chromosomes [36]), which justifies the use of more than
one origin per chromosome. S. cerevisiae, on the other hand, has a short S-phase duration (0.52 h
or 0.347 ccu) and a low replication rate (1.6 kb·min−1 [11]), which imply, according to our formula,
high MO values, as shown in Figure 1B and Table 1. S. pombe, in turn, has longer chromosomes, a short
S-phase duration (0.4 h or 0.1 ccu) and a low replication rate (0.91 kb·min−1 [24]), which also imply
high MO values. These data are also shown in Figure 1B and Table 1.

It is difficult to establish a reason why some organisms need a different number of origins during
the S-phase. However, we can speculate that the number of origins needed to replicate all chromosomes
during the S-phase is closely related to the S-phase duration itself. The question that remains is as
follows: does the number of fired origins determine the S-phase duration, or is the S-phase duration
robust, and a different number of origins is required to maintain this robustness? Although some
studies point to robustness in S-phase duration [6–8], further studies are necessary to confirm which of
these questions is the correct one.

It is worth to mention that among the parameters used to determine the MO, the replication
rate is the most prone to alterations. Many factors can change the replication rate, such as decreased
nucleotide pool [37,38], replication-transcription conflicts [39,40], DNA damage [41,42], among others,
all of which leads mostly to some replication stress [43]. In other words, replication stress can be
defined, in general, as the slowing of replication rate [44]. Thus, cells under replication stress probably
would show different MO values relative to those estimated using the average replication rate from a
wild type population.

3.3. In the Presence of Hypothetical Replication Stress, the MO Increase to Maintain Robustness in
S-Phase Duration

To predict the behavior of MO in the presence of hypothetical replication stress, we simulated two
conditions considering that the S-phase duration is robust [6–8]. The first one was mild replication
stress, which was characterized here by a replication rate at 2/3 of the average value from the wild
type population. The second situation was harsh replication stress, with a replication rate at a 1/3 of
the average value. After applying these hypothetical values in Equation (3), we estimated the MO
for the first (MOMR) and second (MOHR) conditions in trypanosomatids and S. cerevisiae, as shown
in Table 2. It is worth mentioning that we did not perform this prediction for S. pombe because the
peculiar behavior of its cell cycle seems to contribute to a flexible (non-robust) S phase duration [25,26].

According to our prediction, the only way a cell can maintain certain robustness in the S-phase
duration in the presence of mild or harsh replication stress is to increase origin activation, which was
evidenced by the increase in the MO values shown in Table 2. In other words, the demand for a higher
number of activated origins in the presence of replication stress characterized by a slowing of replication
rate can suggest that the cell tries to maintain robustness over the S-phase duration. This predicted
behavior has already been evidenced by several cell types [45–48], including trypanosomatids [8] and
S. cerevisiae [49]. However, S. pombe is an exception to this, because in addition to its S-phase not being
robust [25,26], in the presence of replication stress, the origin firing is inhibited [24,50]. Moreover,
S. pombe has other features that make its cell cycle unique when compared to other organisms: the
S-phase is initiated before completion of the cytokinesis of the ongoing cell cycle [26,51], the cell mass
influences the duration of the S-phase [25], and the main cell cycle control point is a size control in G2
phase [51]. Altogether, these peculiarities seem to contribute to more flexibility in the S-phase duration
of this yeast. Nevertheless, further studies are still needed to better understand the dynamics of the
replication stress response and origin usage through the S-phase in these non-metazoan organisms.
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Table 2. Calculation of the minimum number of origins (MO) per chromosome in the presence of mild
(MOMR) and harsh (MOHR) replication stress.

Chrom.
T. cruzi 1 L. major 2 T. brucei 3 S. cerevisiae 4

MO MOMR MOHR MO MOMR MOHR MO MOMR MOHR MO MOMR MOHR

I 1 1 1 1 1 1 2 2 4 3 4 8
II 1 1 1 1 1 2 2 3 5 9 13 26

III 1 1 1 1 1 2 2 3 6 4 5 10
IV 1 1 1 1 1 2 2 3 6 16 24 48
V 1 1 1 1 1 2 2 4 7 7 10 19

VI 1 1 1 1 1 2 2 3 6 3 5 9
VII 1 1 1 1 1 2 3 4 8 12 18 35

VIII 1 1 1 1 1 2 3 5 9 6 9 18
IX 1 1 1 1 1 2 4 7 13 5 7 14
X 1 1 1 1 1 2 5 8 15 8 12 24

XI 1 1 1 1 1 2 6 10 19 7 11 21
XII 1 1 1 1 2 3 - - - 12 17 34

XIII 1 1 1 1 2 3 - - - 10 15 30
XIV 1 1 1 1 1 3 - - - 9 13 25
XV 1 1 1 1 2 3 - - - 12 18 35

XVI 1 1 1 1 2 3 - - - 10 15 30
XVII 1 1 1 1 2 3 - - - - - -

XVIII 1 1 1 1 2 3 - - - - - -
XIX 1 1 1 1 2 3 - - - - - -
XX 1 1 1 1 2 3 - - - - - -

XXI 1 1 1 1 2 3 - - - - - -
XXII 1 1 1 1 2 3 - - - - - -

XXIII 1 1 1 1 2 3 - - - - - -
XXIV 1 1 1 1 2 3 - - - - - -
XXV 1 1 2 1 2 3 - - - - - -

XXVI 1 1 1 2 2 4 - - - - - -
XXVII 1 1 2 2 2 4 - - - - - -

XXVIII 1 1 2 2 2 4 - - - - -
XXIX 1 1 2 2 2 4 - - - - - -
XXX 1 1 2 2 3 5 - - - - - -

XXXI 1 1 2 2 3 5 - - - - - -
XXXII 1 1 2 2 3 6 - - - - - -

XXXIII 1 1 2 2 3 6 - - - - - -
XXXIV 1 1 2 2 3 6 - - - - - -
XXXV 1 1 2 3 4 7 - - - - - -

XXXVI 1 1 2 3 5 9 - - - - - -
XXXVII 1 1 2 - - - - - - - - -

XXXVIII 1 1 2 - - - - - - - - -
XXXIX 1 2 2 - - - - - - - - -

XL 1 2 2 - - - - - - - - -
XLI 1 2 2 - - - - - - - - -

1 T. cruzi: S-phase duration= 591.6 min (current study), replication rate= 2.05 kb·min−1 [23]; 2 L. major: S-phase duration
= 192 min (current study), replication rate = 2.44 kb·min−1 [3]; 3 T. brucei: S-phase duration = 138.6 min [8], replication
rate = 3.06 kb·min−1 [8]; 4 S. cerevisiae: S-phase duration = 30 min [34,35], replication rate = 1.6 kb·min−1 [11].

3.4. The MO Allows the Establishment of a Threshold That Can Serve as a Parameter by Other Methods That
Detect Origins

To compare the MO with the origins obtained by different experimental approaches, we set
up graphs in order to show trend lines for each methodology analyzed, as shown in Figure 2A–E.
We observed an expected positive correlation between the number of origins and the size of each
chromosome, i.e., the larger the chromosome, the more origins are required to replicate it within
the S-phase duration. As the MO is estimated from relatively constant parameters in a wild type
population, the trend line of the MO, shown in Figure 2A–E in black lines, allows the establishment of
a threshold that can serve as a parameter when estimating the number of origins by other methods.
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Figure 2. Comparative analysis among different approaches used to estimate replication origins in
trypanosomatids (T. cruzi, L. major, T. brucei) and yeasts (S. cerevisiae and S. pombe) (a–e). Graphs
showing positive correlations between chromosome length and the number of replication origins
estimated by different approaches: minimum number of origins—MO (black), origins estimated by
DNA combing (red), origins estimated by MFA-seq (green), potential origins mapped by SNS-seq
(blue), origins estimated by microarray (yellow), known origins (purple), and A+T rich islands (gray).
(A) T. cruzi, (B) L. major, (C) T. brucei, (D) S. cerevisiae, and (E) S. pombe. The trend lines for all approaches,
as well as the equations, are shown. Studies are referenced in each graph.

Before we go on with our analysis, it is worth mentioning that according to their different usages,
replication origins can be classified into three categories: constitutive, which are always activated in all
cells of a given population; flexible, whose usage varies from cell to cell; or dormant, which are not
fired during a normal cell cycle but are activated in the presence of replication stress [52]. However,
due to the technical difficulty in distinguishing flexible and dormant origins, we refer to these only as
non-constitutive origins.

Thus, when comparing the trend line of the origins estimated by DNA combing (the red lines in
Figure 2A–E) with the trend lines of MO (the black lines in Figure 2A–E,), we observed that T. cruzi,
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L. major, T. brucei, S. cerevisiae, and S. pombe use, on average, more origins per chromosome than
the minimum required, i.e., the red lines are above from the black ones, as shown in Figure 2A–E).
This makes sense, given that the DNA combing approach estimates the pool of all origins (constitutive
+ non-constitutive) fired in a population.

For L. major, in addition to the trend line for origins estimated by DNA combing (the red line in
Figure 2B), we also plotted a trend line for potential origins mapped by small leading nascent strand
purification coupled to next-generation sequencing (SNS-seq) [16] (the blue line in Figure 2B), and a
trend line for origins mapped by marker frequency analysis (MFA-seq) [10] (the green line in Figure 2B).
The trend line of the potential origins mapped by SNS-seq is far above from the others (the blue line in
comparison with the others in Figure 2B). This makes sense because the SNS-seq approach has high
accuracy and resolution in detecting small sites of replication, which can include DNA repair, potential
origins, and other events that generate DNA synthesis in a population. However, the trend line of
origins mapped by MFA-seq is below the threshold imposed by the minimal origins (MO trend line)
(the black line in comparison with the green one in Figure 2B). This implies that only with origins
mapped by MFA-seq [10], L. major is not able to replicate its nuclear genome within the S-phase
duration. Although it seems meaningless, this can be easily explained by the fact that the MFA-seq
analysis has low resolution and accuracy, probably being able to identify only the constitutive origins
in a population and not the entire pool of fired origins, as occurs in the DNA combing approach for
example [3,8]. Nevertheless, further studies are necessary to figure out how many origins are indeed
used for a single cell of L. major during a standard cell cycle.

In T. brucei, we also plotted a trend line for the origins mapped by MFA-seq, and the situation is
similar to that presented by L. major (the black dots in comparison with the green ones in Figure 2C), i.e.,
some chromosomes are not able to be duplicated only with the origins mapped by MFA-seq, as already
explained in a recent study of our group [8]. Briefly, the reason is the same as previously explained:
the low resolution of the MFA-seq analysis.

For S. cerevisiae, in addition to plotting a trend line for origins estimated by DNA combing [53]
(the red line in Figure 2D) and a trend line for origins mapped by microarray analysis [12] (the green
line in Figure 2D), we also plotted a trend line for the known positions of origins [54] (the purple line
in Figure 2D). The known position of origins refers to a conserved DNA sequence (called autonomous
replicating sequences—ARS) where the assembly of the pre-replication complex occurs [53,55,56].
The trend line of the known origins is above from the MO trend line (the purple line in comparison
with the black one in Figure 2D), and above from the trend line of the origins estimated by DNA
combing (the purple line in comparison with the red one in Figure 2D). This makes sense because the
known positions of origins are potential sites for the establishment of origins. However, not all of these
sites are activated during the S-phase, i.e., in S. cerevisiae, there are many more potential sites for the
establishment of origins than those that are indeed used to complete replication within the S-phase
duration [19,57–60]. The trend line of origins mapped by microarray analysis is above the threshold
imposed by the minimum origins (MO trend line) (the green line in comparison with the black one in
Figure 2D), but below the trend lines of both the known origins and the origins estimated by DNA
combing (the comparison amongst the green, purple and red lines in Figure 2D). This was expected for
the same reason raised before, i.e., just like MFA-seq, microarray analysis also has low accuracy in
detecting the entire pool of origins activated in a population and maps mainly the constitutive origins.

Unlike S. cerevisiae, S. pombe lacks a consensus DNA sequence that determines origin sites.
However, its origins coincide with chromosomal A+T-rich islands [13]. Thus, in addition to plotting a
trend line for origins estimated by DNA combing [50] (the red line in Figure 2E) and a trend line for
origins mapped by microarray analysis [61] (the yellow line in Figure 2E), we also plotted a trend line
for the A+T rich islands [13] (the gray line in Figure 2E). All three of these trend lines (red, yellow, and
gray) are above from the threshold imposed by the minimum origins (MO trend line) and practically
overlap each other, although as the comparison amongst all the trend lines in Figure 2E shows, the trend
line of the origins estimated by DNA combing is slightly above, as expected. This overlapping of the
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trend lines raises a question about the dynamics of origin usage during the S-phase in S. pombe, which
seems to be relatively peculiar when compared to other single-celled eukaryotes [50].

Of note, so far, there is no data about MFA-seq or microarray analysis in T. cruzi, which prevents a
deeper comparative analysis in this organism.

3.5. Trypanosomatids Can Use Around Fivefold More Origins than the Minimum Required to Complete
Replication within the S-Phase Duration

To investigate how many times more origins than the minimum (MO) the organisms analyzed can
use, we calculated the ratio between the angular coefficient (a value) of linear equations (y = ax + b)
of maximum origins used and MO, shown as the red and black lines, respectively, in Figure 2. Here,
we defined maximum origins used as the origins estimated by DNA combing, represented by the red
lines in Figure 2; see material and methods.

Using this reasoning, we can estimate that S. pombe uses, on average, 1.44 times more origins than
the MO, while in S. cerevisiae, this ratio is 2.12. Interestingly, in trypanosomatids, this ratio is higher.
In T. brucei this ratio is 4.91, in L. major is 5.1, and in T. cruzi this ratio is so high that tends to infinity
since T. cruzi needs only one origin per chromosome to replicate its nuclear genome (MO = 1 for all
chromosomes), i.e., the MO linear equation is y = 1, as shown in Figure 3.

 

−

− −

Figure 3. Trypanosomatids use around fivefold more origins than the minimum required. Angular
coefficient (a-value) ratios between origins estimated by DNA combing and the minimum origins (MO)
for T. cruzi (gray bar), L. major (orange bar), T. brucei (green bar), S. cerevisiae (blue bar), and S. pombe

(purple bar).

Although we cannot classify the total origins used as constitutive or non-constitutive, one
question can be raised: what makes trypanosomatids apparently use a pool of origins much higher
than the MO when compared to the yeasts S. cerevisiae and S. pombe? One possible explanation
is that in trypanosomatids, unlike other eukaryotes, the majority of their genes are organized into
large polycistronic clusters, which could favor replication stress through replication–transcription
conflicts [8]. Replication stress, as reported in some studies [48,62], is a potential contributor for the
activation of replication origins. However, although proposed by our group [8], this hypothesis needs
to support more experimental assays to gain credibility. Another possibility is that the replication
rate of S. cerevisiae and S. pombe are lower than those in trypanosomatids (1.6 kb·min−1 in S. cerevisiae,
0.91 kb·min−1 in S. pombe, and 2–3 kb·min−1 in trypanosomatids), as shown in Table 1. S. cerevisiae has a
chromosomes size and an S-phase duration similar to those found in trypanosomatids shown in Table 1
and Figure 1B. Thus, the only way to maintain robustness in the S-phase duration is by activating more
origins. Apparently, S. cerevisiae does just that, but further studies are necessary to figure out its exact
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dynamics of origin usage during the S-phase. On the other hand, S. pombe has larger chromosomes
and a relatively short S-phase duration when compared to trypanosomatids, as displayed in Table 1
and Figure 1B. Moreover, as already mentioned, S. pombe does not have a robust S-phase [25,26] and its
origins fire stochastically [50], which precludes any speculation regarding its peculiar dynamics of
origin usage. However, unlike trypanosomatids, S. pombe appears to use a number of origins very
close to the minimum required.

This is the first time a comparative analysis of the minimum number of origins has been successfully
applied. These data may provide new insight into the understanding of origin usage during the
S-phase and a new methodological framework for studying single-celled eukaryotes genomes.

4. Conclusions

Here, we demonstrate that the minimum number of origins (MO) required to duplicate an entire
chromosome within the S-phase duration can be easily obtained from the parameters chromosome size,
S-phase duration, and replication rate. Predictions performed by us suggest that in the presence of
replication stress, all the organisms analyzed here demands higher MO values. Moreover, we evidenced
here that the MO allows the establishment of a threshold that can serve as a parameter by other
methods that detect origins. Also, our data strongly suggest that trypanosomatids can use around
fivefold more origins than the MO. This value is relatively higher than other single-celled organisms,
such as the yeasts S. cerevisiae and S. pombe. However, further studies are required to figure out the
dynamics of origin usage during the S-phase in these organisms, especially in trypanosomatids.
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Abstract: Leishmania infantum causes visceral leishmaniasis (kala-azar), the most severe form of
leishmaniasis, which is lethal if untreated. A few years ago, the re-sequencing and de novo assembling
of the L. infantum (JPCM5 strain) genome was accomplished, and now we aimed to describe and
characterize the experimental proteome of this species. In this work, we performed a proteomic
analysis from axenic cultured promastigotes and carried out a detailed comparison with other
Leishmania experimental proteomes published to date. We identified 2352 proteins based on a search
of mass spectrometry data against a database built from the six-frame translated genome sequence of
L. infantum. We detected many proteins belonging to organelles such as glycosomes, mitochondria,
or flagellum, as well as many metabolic enzymes and many putative RNA binding proteins and
molecular chaperones. Moreover, we listed some proteins presenting post-translational modifications,
such as phosphorylations, acetylations, and methylations. On the other hand, the identification of
peptides mapping to genomic regions previously annotated as non-coding allowed for the correction
of annotations, leading to the N-terminal extension of protein sequences and the uncovering of eight
novel protein-coding genes. The alliance of proteomics, genomics, and transcriptomics has resulted
in a powerful combination for improving the annotation of the L. infantum reference genome.

Keywords: Leishmania infantum; proteome; post-translational modifications (PTMs); proteogenomics;
mass spectrometry

1. Introduction

The genus Leishmania belongs to the order Trypanosomatida and includes protozoan parasites
that are responsible for a complex of diseases named leishmaniasis, which is the second most common
cause of mortality among tropical infectious diseases, after malaria [1]. Some species of Leishmania

are human pathogens that cause different clinical manifestations as cutaneous (CL), mucocutaneous
(MCL), or visceral (VL) leishmaniasis. Old World species Leishmania infantum and Leishmania donovani

cause VL or kala-azar, which is often lethal if untreated, whereas Leishmania major causes CL and
Leishmania braziliensis is associated with MCL. The VL-causative species are genetically almost identical,
although they differ in geographic distribution: L. donovani is found in the Indian subcontinent
and East Africa, while L. infantum is endemic in the countries around the Mediterranean basin,
Latin America, and China [2]. Two stages, promastigote and amastigote, alternate in the Leishmania life
cycle. Promastigotes are flagellated and motile forms develop extracellularly in the gut of their sand-fly
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vector. The infection of the mammal host takes place during the sand-fly blood meal; afterwards,
parasites are phagocytized by macrophages, and amastigote forms develop inside these host cells.

Within the Leishmania genus, the L. major genome was the first to be sequenced [3], followed by
the L. infantum and L. braziliensis ones [4]. During the last decade, the extraordinary progress in DNA
sequencing methodologies has allowed for the drafting of the genomes for many other Leishmania

species [5–12] and for the improvement of the assemblies of the first sequenced genomes [13–15].
The availability of a complete and well-annotated genome provides the ultimate resource for

genome-wide scale approaches, such as transcriptome and proteome analyses [16]. In parallel to the
advances in sequencing technologies, proteomics methodologies are achieving unprecedented levels
of sensitivity, and novel MS-based experimental approaches have become the method of choice for the
analysis of complex protein mixtures such as cells, tissues, and even whole organisms. In particular,
several proteomic technologies are being used to study diverse aspects of Leishmania biology such as
parasite development, virulence, and drug resistance [17]. Thus, proteomics approaches have been
used to determine differential patterns of protein expression between the promastigote and amastigote
stages in Leishmania mexicana [18], L. infantum [19], and L. donovani [20], among others. Other studies
have been aimed to ascertain specific proteomes by means of organelle fractionation to obtain enriched
fractions of mitochondria, flagella, or glycosomes [21,22]. The identification and mapping of protein
post-translational modifications (PTMs) provide additional information about the activation of specific
pathways in a given growing condition, thus improving the knowledge on protein interactions in
complex networks.

Here, we present a wide and detailed proteome of the L. infantum JPCM5 strain, based on axenically
grown promastigotes in the logarithmic growth phase. A careful comparative analysis with other
published proteomes from different Old and New World Leishmania species has also been carried
out. Additionally, the MS data allowed for the identification of PTMs (phosphorylation, acetylation,
methylation, formylation, and glycosylation) at specific protein sites that might have regulatory functions.
Furthermore, we showed how the integration of proteomics with genomic and transcriptomic data
represents a powerful and complementary strategy for gene annotation, as demonstrated before in a
plethora of species [23]. Hence, by applying this proteogenomic approach, it was possible to improve
the annotations for several L. infantum genes, as well as the identification of eight novel genes.

2. Materials and Methods

2.1. Leishmania Infantum Culture and Protein Extraction

L. infantum JPCM5 strain parasites were grown at 26 ◦C in Roswell Park Memorial Institute
(RPMI) 1640 medium supplemented with 15% of heat inactivated fetal calf serum (Biowest SAS,
Nuaillé, France). Promastigote cultures were initiated at 1 × 106 parasites/mL and harvested at the
mid-logarithmic phase (1–2 × 107 parasites/mL). Around 1–2 × 108 parasites were collected and washed
twice with phosphate-buffered saline (PBS); finally, parasites were suspended by pipetting in 300 µL of
a RIPA (RadioImmunoPrecipitation Assay) lysis buffer (Thermo Fisher Scientific, Rockford, IL, USA)
in the presence of EDTA-free Easy Pack Protease inhibitor (Roche, Diagnostics, Mannheim, Germany).
After 6 cycles (30 s pulse/30 s pause) of sonication in a bath at 4 ◦C, samples were incubated for 90 min
at 4 ◦C, and, afterwards, protein lysates were centrifuged at 14,000 g for 30 min. The supernatant was
collected and used for proteomics analyses.

2.2. In-Gel and In-Solution Digestion of Samples by Trypsin and Chymotrypsin

For the in-gel digestion of proteins, samples were mixed with an equal volume of a 2× Laemmli
buffer and loaded onto 1.2-cm wide wells of a conventional SDS-PAGE gel (0.75 mm-thick,
4% polyacrylamide stacking-gel, and 10% polyacrylamide resolving-gel). The electrophoresis was
stopped as soon as the electrophoretic front entered 3 mm into the resolving gel, so the proteins became
concentrated in the stacking/resolving gel interface. After Coomassie staining, the protein-containing
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gel was cut into small pieces (2 × 2 mm cubes) and placed into a microcentrifuge tube, as described
elsewhere [24]. The gel pieces were destained in acetonitrile:water (ACN:H2O, 1:1), reduced and
alkylated (disulfide bonds from cysteinyl residues were reduced with 10 mM dithiothreitol (DTT)
for 1 h at 56 ◦C, and then thiol groups were alkylated with 10 mM iodoacetamide for 1 h at room
temperature in darkness), and digested in situ with sequencing grade trypsin (Promega, Madison, WI)
or chymotrypsin (Roche Diagnostics), as described by Shevchenko et al. [25], with minor modifications.
The gel pieces were shrunk by removing all liquid using sufficient ACN. Acetonitrile was pipetted out,
and the gel pieces were dried in a speedvac. The dried gel pieces were re-swollen in 100 mM Tris-HCl
and 10 mM CaCl2 at pH 8 with 60 ng/µL trypsin or chymotrypsin at a 5:1 protein:enzyme (w/w) ratio.
The tubes were kept on ice for 2 h and incubated at 37 ◦C (trypsin) or 25 ◦C (chymotrypsin) for 12 h.
Digestion was stopped by the addition of 1% trifluoroacetic acid (TFA). Whole supernatants were
dried down and then desalted onto OMIX C18 pipette tips (Agilent Technologies, Santa Clara, CA,
USA) before the MS analysis.

Additionally, in-solution digestion was performed as described elsewhere [26]. After the
denaturation of proteins with an 8 M urea, the protein sample was reduced and alkylated: disulfide
bonds from cysteinyl residues were reduced with 10 mM DTT for 1 h at 37 ◦C, and then thiol groups
were alkylated with 50 mM iodoacetamide for 1 h at room temperature in darkness. The sample
was diluted to reduce urea concentration below 1.4 M and digested using sequencing-grade trypsin
(Promega, Madison, WI, USA) or chymotrypsin (Roche Diagnostics) overnight at 37 ◦C (trypsin) or
25 ◦C (chymotrypsin) using a 1:20 (w/w) enzyme/protein ratio. Digestion was stopped by the addition
of 1% TFA. Whole supernatants were dried down and then desalted onto OMIX C18 pipette tips
(Agilent Technologies) before the MS analysis.

2.3. Reverse Phase-Liquid Chromatography Mass Spectrometry Analysis (RP-LC-MS/MS)

The digested protein samples (above) were resuspended in 10 µL of 0.1% formic acid and analyzed
by RP-LC-MS/MS in an Easy-nLC II system coupled to an ion trap LTQ-Orbitrap-Velos-Pro hybrid
mass spectrometer (Thermo Fisher Scientific). The peptides were concentrated (on-line) by reverse
phase chromatography using a 0.1 × 20 mm C18 RP precolumn (Thermo Fisher Scientific) and then
separated using a 0.075 × 250 mm C18 RP column (Thermo Fisher Scientific) operating at 0.3 µL/min.
Peptides were eluted using a 180-min dual gradient. The gradient profile was set as follows: 5−25%
solvent B for 135 min, 25−40% solvent B for 45 min, 40−100% solvent B for 2 min, and 100% solvent
B for 18 min (Solvent A: 0.1% formic acid in water; solvent B: 0.1% formic acid and 80% acetonitrile
in water). ElectroSpray ionization (ESI) was done using a nano-bore emitter stainless steel ID 30 µm
(Proxeon) interface. The Orbitrap resolution was set at 30,000. Peptides were detected in survey scans
from 400 to 1600 amu (1 µscan), followed by twenty data-dependent MS/MS scans (Top 20) using
an isolation width of 2 u (in mass-to-charge ratio units), a normalized collision energy of 35%, and a
dynamic exclusion that was applied during 60 s periods.

2.4. Data Analysis

Peptide identification from raw data was carried out using the PEAKS Studio X search
engine (Bioinformatics Solutions Inc, Waterloo, ON, Canada). A custom Python script was used
to create a database comprising all possible open reading frames (ORF) coding for protein sequences
of ≥20 amino acids existing in any of the six-frames in the L. infantum JPCM5 strain genome
sequence [13]. This database (named LINF-all-ORFs) consisted of 294,654 entries. In parallel,
a fusion-database, created by merging the L. infantum protein sequences annotated in UniProt
and the LINF-all-ORFs entries, was also used by the search engine. Finally, a search against a decoy
database (decoy fusion-database) was also performed. The following constraints were used for the
searches: tryptic or chymotryptic cleavage (semispecific), up to two missed cleavage sites, tolerances
of 20 ppm for precursor ions and 0.6 Da for MS/MS fragment ions, and optional Met oxidation and Cys
carbamidomethylation were allowed. The false discovery rates (FDRs) for peptide spectrum matches
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(PSMs) were limited to 0.01 or lower. Those proteins that were identified with at least two distinct
peptides were considered for further analysis [27–29].

The LINF-all-ORFs entries with mapped peptides were compared with the annotated L. infantum

proteins (UniProt database) using in-house Python scripts in order to identify both the misannotations
and novel proteins. Additionally, Python scripts were used to ascribe post-translational modifications
to particular protein entries.

Functional categories and enzymatic pathways using the DAVID program (Functional Annotation
Tool, DAVID Bioinformatics Resources 6.8) and the KEGG Pathway (Kyoto Encyclopedia of Genes and
Genomes) were used for the classification of the proteins identified by MS.

3. Results and Discussion

3.1. Protein Identification from the LC−MS/MS Peptide Spectra

The main objective of this study was to obtain the experimental proteome of the L. infantum

promastigote stage with the additional aim of improving current genomic annotations. For this purpose,
a recently published re-sequenced genome [13] was used. However, we did not restrict the search
of peptide spectra on currently annotated protein-coding genes; instead, a database consisting of all
possible polypeptides (equal or larger than 20 amino acids) was used (see Materials and Methods
for further details). The workflow used for sample preparation and proteomics is shown in Figure 1.
From the MS/MS data, it could be seen that only those associated with peptides longer than seven
amino acids were considered for protein identification. Among the identified proteins, 2344 proteins
matched with previously annotated proteins [13]. Moreover, eight novel proteins were uncovered,
thus legitimating the search strategy. In addition, some ORFs had to be extended to accommodate the
MS-identified peptides (see below for further details about these findings). Most of the proteins—70.5%
(1659 out of 2352)—were identified by three or more unique peptides per protein, 14.5% (341) of the
protein identifications were supported by two unique peptides, and only 15% (352) of the identifications
were done by a single unique peptide. Currently, 3482 out of 8590 annotated proteins (around 40%) in
the L. infantum genome have the status of hypothetical proteins; the MS spectra obtained in this work
provided experimental evidence of the real existence for 456 of those hypothetical proteins.

Figure 1. Workflow for protein extraction and proteomic analyses of Leishmania infantum promastigotes.
The experimental MS data were searched against the UniProt protein database and a database consisting
of all possible polypeptides encoded in the six-frames of the L. infantum genome (based on v2/2018;
www.leish-esp.cbm.uam.es; [13]).
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The first comprehensive study aimed to characterize the L. infantum proteome was carried out
by the Papadopoulou’s group [30]. Using two-dimensional (2D) gel electrophoresis, these authors
visualized 2261 protein spots in promastigote samples and 2273 spots in amastigote ones.
However, after MS analysis, only 168 protein spots, derived from 71 different genes, could be
identified [30]. A better proteome resolution was attained after a fractionation step including digitonin
extraction; hence, 153 L. infantum proteins were identified by MS analysis of selected spots [31].
The combination of two-dimensional liquid chromatography (2DLC), electrospray ionization mass
spectrometry (2DLC-ESI-MS), and 2DLC-matrix-assisted laser desorption/ionization mass spectrometry
(2DLC-MALDI-MS) allowed Leifso and co-workers to identify 91 L. infantum proteins [19]. An enrichment
for basic proteins using the technique of free-flow electrophoresis prior to separation by 2D gel
electrophoresis led to the identification of around 200 L. infantum proteins [32]. Alcolea and coworkers [33]
identified 28 proteins in a proteomic study aimed to uncover differentially expressed proteins between
the early-logarithmic and the stationary phases during the culturing of L. infantum promastigotes. In two
different studies using MS analysis of the exoproteome derived from L. infantum promastigote cultures,
a total of 102 [34] and 494 [35] proteins were identified. Therefore, our work provides the most complete,
to date, experimentally evidenced proteome for L. infantum.

Outstanding studies on proteome identification have been performed in both L. donovani and
L. major. In 2008, Rosenzweig and collaborators reported the identification of 1713 proteins in
L. donovani [20]. A comparison between the proteins identified in our work (L. infantum JPCM5) and
those identified in L. donovani showed that 1218 proteins were common (orthologs) in both studies
(Figure 2). We failed to identify 207 proteins of those reported in L. donovani, whereas we found
1130 proteins that are absent from the L. donovani proteome reported by Rosenzweig et al. [20]

 

Figure 2. Comparison (Venn diagram) between the identified proteins in this work (L. infantum, in
green) and those identified in two previous studies [20,36] performing proteomic analysis in Leishmania

donovani (in red) and Leishmania major (in blue). The Venn diagram was created by the tool available
at bioinformatics.psb.ugent.be/webtools/. Note—the discrepancy between the number of proteins
identified by Rosenzweig et al. [20] (see text) and those represented in the Venn diagram (1713 vs. 1708)
was due to 5 gene duplications that were corrected after re-assembling of the L. infantum genome [13].

More recently, Pandey and coworkers reported the identification of 3386 different proteins in
L. donovani promastigote and amastigote stages [37,38]. After comparing their data and the proteins
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identified in this study, 1650 of the proteins observed in L. infantum promastigotes were found to be
present (their orthologues) in the L. donovani promastigote proteome. However, among the 613 proteins
that Nirujogi et al. [37] reported to be exclusively expressed in L. donovani amastigotes, 126 proteins
were also identified in our proteomics study, thus indicating that these proteins are also being expressed
in the promastigotes stage, at least in L. infantum (see Supplementary File, Table S1). Most of them were
annotated as hypothetical proteins or with unknown function, but there are also metabolic enzymes,
translation machinery components (ribosomal proteins and eukaryotic initiation factors), and RNA
binding proteins.

In 2014, Pawar et al. [36] reported a quite wide proteome of the L. major promastigote stage,
in which 3613 proteins were identified. These authors followed a proteogenomic approach, as we
did in this study, consisting of searching the mass spectra against a six-frame translated database
generated from a complete genome sequence. An orthology-based comparison indicated that the
L. major promastigote proteome and the L. infantum proteome of this study shared 1733 proteins
(Figure 2). Moreover, considering the 1792 proteins identified in the L. major proteome, though not
in our study, and the 615 proteins exclusively identified by us in the L. infantum proteome, the total
number of identified proteins presumably expressed in the promastigote stage is 4140 (roughly half of
the predicted proteins to be encoded in the Leishmania genome).

3.2. Representativeness of the Translational Machinery and RNA Binding Proteins in the L. infantum
Experimental Proteome

Around 200 proteins from the L. infantum promastigote proteome were categorized as components
of the translational machinery: 122 ribosomal proteins, 51 translation regulatory factors, and 24 tRNA
synthases (Supplementary File, Table S2). As expected for a highly proliferative stage (the promastigotes
were growing in the logarithmic phase when harvested for analysis), in which protein synthesis needs
to be very active, all the ribosome components, tRNA-loading enzymes, and regulatory factors were
abundant and easily detected by mass spectrometry. Nevertheless, in contrast, very few of the
annotated mitoribosomal proteins [39] were identified in the L. infantum promastigote proteome.
This observation may indicate that mitochondrial ribosomes are in relatively low amounts when
promastigotes are grown in nutrient-rich culture media.

Proteins with RNA binding properties deserve special attention, since gene expression in Leishmania

and related trypanosomatids is essentially being controlled at the post-transcriptional level [40,41].
In this scenario, RNA-binding proteins are key players in controlling RNA metabolism [42–44].
In the L. infantum promastigote proteome, a large number of known RNA binding proteins were
detected (Supplementary File, Table S3). Apart from the mentioned ribosomal proteins and translation
factors, 15 RNA helicases were detected, as well as many of the RNA-binding domain-containing
proteins reported in a recent study aimed to the capture and identification of RNA-bound proteins in
L. donovani [45]. The RNA-binding proteins of the Pumilio family (aka PUF proteins) are especially
numerous (11 members) in Leishmania [46]. In this study, we identified 6 out of 11 PUF proteins that
are being expressed in the promastigote stage of L. infantum; these are PUF 1, PUF 4, PUF 6, PUF 7,
PUF 8, and PUF 10 (see Table S3 to see their gene IDs).

3.3. Metabolic Enzymes and Pathways

Going deeper, we performed an in-silico pathway reconstruction using the detected proteins in
the L. infantum promastigote proteome. By using the KEGG database resource (http://www.genome.jp/
kegg/) accessed via the DAVID package, a total of 578 (27.6%) of the detected proteins could be classified
into pathways representing classical cellular processes. In particular, 236 proteins were identified
as metabolic enzymes; 31% of these enzymes belong to glycolysis (Tables 1 and 2), the tricarboxylic
acid (TCA) cycle, and the pentose phosphate cycle (Supplementary File, Table S4), which are three
metabolic pathways playing essential maintenance functions in the cell [47]. Remarkably, the complete
set of 29 enzymes that make up the TCA cycle were identified in the promastigote proteome (Figure 3).
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Table 1. List of glycosomal enzymes related to gluconeogenesis and glycolysis identified in L. infantum

(according to the Kyoto Encyclopedia of Genes and Genomes (KEGG) pathway database).

Gene ID Unique Peptides Description

LINF_040016700 12 Fructose-1-6-bisphosphatase
LINF_120010600 43 Glucose-6-phosphate isomerase
LINF_200006000 41 Phosphoglycerate kinase C-glycosomal
LINF_210007800 47 Hexokinase
LINF_210012000 13 Phosphoglucomutase
LINF_230009500 10 Aldose 1-epimerase-like protein
LINF_240013700 32 Triosephosphate isomerase
LINF_250017300 46 Aldehyde dehydrogenase—mitochondrial precursor
LINF_270024900 56 Glycosomal phosphoenolpyruvate carboxykinase
LINF_290032900 23 ATP-dependent phosphofructokinase

LINF_300035000 49
Glyceraldehyde 3-phosphate
dehydrogenase—glycosomal

LINF_300039500 13 PAS-domain containing phosphoglycerate kinase
LINF_340040800 13 Aldose 1-epimerase-like protein

Table 2. List of cytosolic enzymes related to gluconeogenesis and glycolysis identified in the L. infantum

proteome (according to the KEGG pathway database).

Gene ID Unique Peptides Description

LINF_140018000 55 Enolase
LINF_180019200 23 Pyruvate dehydrogenase e1 component α subunit
LINF_210011100 10 Dihydrolipoamide acetyltransferase
LINF_210012000 13 Phosphoglucomutase
LINF_230009000 43 NADP-dependent alcohol dehydrogenase
LINF_230014800 47 Acetyl-CoA synthetase
LINF_250023800 29 Pyruvate dehydrogenase e1 β subunit
LINF_290025700 4 Dihydrolipoamide dehydrogenase
LINF_310034500 2 Dihydrolipoamide dehydrogenase
LINF_320040600 37 Dihydrolipoamide dehydrogenase
LINF_350005300
LINF_350005400

43 Pyruvate kinase

LINF_360030600 43 Glyceraldehyde 3-phosphate dehydrogenase—cytosolic
LINF_360034400 19 Dihydrolipoamide acetyltransferase precursor

The glycosome is a trypanosomatid-specific, membrane-enclosed organelle that contains glycolytic
enzymes, among others. Thus, glycolysis in Leishmania takes place in these organelles for the
steps between glucose and 3-phosphoglycerate [48], as well as in the cytosol for those late steps
leading to the formation of pyruvate [20]. The identified enzymes involved in these two stages are
listed in Tables 1 and 2. Among them, there are 32 enzymes belonging to the glycosomal/cytosolic
glycolysis (and gluconeogenesis) pathway until the formation of pyruvate by pyruvate kinases
(IDs LINF_350005400 and LINF_350005300). Some enzymes involved in the mitochondrial electron
transport respiratory chain were detected (Supplementary File, Table S5). Similar findings were found
by Rosenzweig and collaborators in the L. donovani promastigote proteome [20]. Several proteins of
the electron transport chain are encoded by the kinetoplast DNA maxicircles [49] such as cytochrome
oxidase subunits and NADH dehydrogenase, but they were not searched in this study.
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An active energy metabolism requires enzymes to be involved in redox homeostasis. Several of
these enzymes have been identified in the L. infantum proteome, and they are likely abundant,
as judged by the large number of unique peptides that were mapped to them. The detected
proteins were tryparedoxin (LINF_150019000, with 31 unique peptides), peroxidoxin (LINF_230005400,
31 peptides), cyclophilin (LINF_060006300, 20 peptides), iron superoxide dismutases (LINF_080007900
and LINF_320024000, with 14 and 18 peptides, respectively), and several elongation factors 1β
(LINF_340014200 and LINF_340014000 with 16 peptides each and LINF_360020500 with 19 peptides).

 

Figure 3. Detected enzymes in the L. infantum JPCM5 proteome composing the complete tricarboxylic
acid (TCA) cycle. PDH: pyruvate dehydrogenase; ACO: aconitase; IDH: isocitrate dehydrogenase; ODH:
2-oxoglutarate dehydrogenase; SL: succinyl-CoA ligase; SDH: succinyl dehydrogenase; FH: fumarate
hydratase; MDH: malate dehydrogenase; and CS: citrate synthase.

3.4. Components of the Proteostasis Network

The proteasome is a complex of multi-subunit proteases, associated with protein degradation, but in
protozoan parasites, it has been also involved in cell differentiation and replication processes [50]. In fact,
proteasomal inhibitors have been described as promising therapeutic targets for leishmaniasis and
trypanosomiasis [51,52]. According to the KEGG database, the complete compendium of proteasomal
proteins were identified in this study (Supplementary File, Table S6).

Protein degradation and protein folding cooperate to maintain protein homeostasis or proteostasis [53].
Multiple and drastic environmental changes (pH variation, sudden temperature up-/down-shifts,
and oxidative stress) occur along the Leishmania life cycle. Most often, these environmental insults
promote protein unfolding and aggregation; to counteract these effects, cells possess specialized molecular
chaperones (or heat shock proteins: HSPs) that serve as central integrators of protein homeostasis.
Not surprisingly, Leishmania parasites possess a large number and variety of molecular chaperones [54].
In this study, we identified proteins belonging to the different HSP families: HSP100, HSP83/90, HSP70,
HSP60, HSP40/DnaJ, and HSP20 (listed in Supplementary File, Table S7). Mitochondrion is a cellular
organelle in which molecular chaperones are of particular relevance because they are involved in protein
transport across membranes and protein refolding inside the mitochondria. Recently, the mitochondrial
proteome was analyzed in L. tropica [22]. Taking advantage of that study, in Table 3, we list those HSPs
identified in the L. infantum proteome that are potentially mitochondrial proteins.
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Table 3. Identified molecular chaperones of L. infantum promastigotes, with putative mitochondrial
location (according to Tasbihi et al. [22]).

Gene ID Unique Peptides Molecular Chaperone

LINF_260011400 9 Heat shock protein 10 (HSP10)
LINF_320040500 5 HSP40/JDP45
LINF_350035100 7 HSP40/JDP50
LINF_360027100 19 HSP60/cpn60.2
LINF_360027200 26 HSP60/cpn60.3
LINF_240010000 5 HSP40/JDP8
LINF_260017400 42 HSP70.4
LINF_280017800 51 Grp78/BiP
LINF_330033000 48 HSP75/TRAP-1
LINF_020012400 23 HSP78
LINF_330009000 22 HSP83/90

3.5. Glycosomal Proteins Represent a Substantial Fraction of the Experimentally Detected Proteins in the L.
infantum Promastigote

As mentioned above, glycosomes are specialized peroxisomes that contain key enzymes involved
on energy metabolism and purine salvage [55]. Moreover, as occurs in peroxisomes, glycosomal proteins
are targeted for import to and location in glycosomes by the presence of the peroxisomal targeting
signals (PTSs) PTS1 and PTS2. Two essential proteins for targeting newly synthesized proteins, with a
PTS2 import signal, into the glycosome are peroxins (PEXs) 5 and 7 [56]. Remarkably, both proteins,
PEX5 (LINF_350019100) and PEX7 (LINF_290012400), were identified in the experimental proteome
of L. infantum promastigotes. Moreover, we made a direct comparison between the L. infantum

proteome reported here and two studies focused on glycosomal proteomes in Leishmania tarentolae and
L. donovani [48,57]. Colasante and collaborators [48] identified 464 proteins in a glycosomal membrane
preparation from L. tarentolae, and they concluded that 258 would be glycosomal proteins, including
40 enzymes. Interestingly, the orthologs of 165 (64%) of these proteins were experimentally identified
in the L. infantum promastigote proteome. In particular, complete enzymatic complements involved
in glycosomal glycolysis and gluconeogenesis steps were identified in both studies. Jamdhade and
coworkers [57] reported the proteome analysis of an enriched glycosome fraction from L. donovani

promastigotes, identifying 1355 proteins. In our study, orthologs to 853 of those putative L. donovani

glycosomal proteins were found; these are listed in Supplementary File, Table S8.
The purine salvage pathway, essential for trypanosomes, also takes place in glycosomes [58].

Notably, the 13 enzymes composing the purine salvage pathway (Figure 4) [58] were identified in this
L. infantum experimental proteome, which was in agreement with the relevance of this metabolic route for
parasite survival. In this regard, it is somewhat unexpected that only two enzymes (adenylosuccinate
synthetase (ADSS) and inosine monophosphate dehydrogenase (IMPDH)) were identified in the
L. tarentolae glycosomal proteome, and five of these enzymes were identified in the glycosomal fractions
of L. donovani. Similarly, we identified most of the enzymes constituting the de novo pyrimidine
biosynthesis pathway (Table 4) [59] in the L. infantum proteome, whereas Jamdhade et al. [57]
only found one enzyme of this pathway in the L. donovani glycosomal proteome—the orotate
phosphoribosyltransferase (LDBPK_160560).
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Figure 4. Enzymes from the purine salvage cycles identified in the L. infantum experimental proteome. All the
enzymes (grey squares) that are required to complete the pathway were identified in this study. APRT: adenine
phosphoribosyltransferase (LINF_130016900); NH: nucleoside hydrolase (LINF_180021400); AK: adenosine
kinase (LINF_300014400); AAH: adenine aminohydrolase (LINF 350026800); ASL: adenylsuccinate lyase
(LINF 040009600); AMPDA: AMP deaminase (LINF 130014700); ADSS: adenylosuccinate synthetase
(LINF 130016900); GMPR: GMP reductase (LINF 170014800); GMPS: GMP synthase (LINF 220006100);
HGPRT: hypoxanthine-guanine phosphoribosyltransferase (LINF 210014900); GDA: guanine deaminase
(LINF 290014000); IMPDH: inosine monophosphate dehydrogenase (LINF 190022000); and XPRT: xanthine
phosphoribosyltransferase (LINF 210015000). The cycle was depicted according to Boitz et al. [58].

Table 4. Enzymes involved in de novo pyrimidine biosynthesis identified in L. infantum promastigote proteome.

Gene ID Unique Peptides Description

LINF_060011200 7 Deoxyuridine triphosphatase

LINF_160010400 5
Dihydroorotate dehydrogenase

(fumarate)
LINF_160010500 15 Aspartate carbamoyltransferase
LINF_160010700 28 Orotate phosphoribosyltransferase
LINF_160011200 6 Carbamoyl-phosphate synthase
LINF_180021400 17 Nonspecific nucleoside hydrolase
LINF_340016700 8 Uracil phosphoribosyltransferase

3.6. Exoproteome Components Identified in the L. infantum Experimental Proteome

Leishmania-secreted molecules and exosomes are particularly relevant for infection establishment
because parasites and exosomes are co-egested during the insect blood meal [60]. A detailed analysis of
the L. infantum secreted proteins (exoproteome) was carried out by Santarem et al. [35]. These authors
found that the proteome profiles were distinct depending on the metabolic stage of the parasites
(logarithmic or stationary phase promastigotes). The number of distinct proteins identified in that
study was 297, and around 90% of them were also identified in the proteome reported here. In another
outstanding study, Atayde et al. [61] analyzed the proteomic composition of L. infantum exosomes
and extracellular vesicles that were directly isolated from the sand fly midgut. Table 5 lists proteins
commonly present in exosome preparations; all of them were identified in the L. infantum experimental
proteome reported here.
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Table 5. Common components of Leishmania exosomes identified in this L. infantum proteome study.

Gene ID Description Features [Ref.]

LINF 050017500;
LINF 040007000

Surface antigens Virulence factor [61]

LINF_090013900 Oligopeptidase b Virulence factor [35]
LINF_100010100 GP63-leishmanolysin Virulence factor [60,61]
LINF_120014700 Surface antigen protein 2 Virulence factor [61]
LINF_140018000 Enolase Virulence factor [35,62]
LINF_150019000 Tryparedoxin peroxidase Virulence factor [61]
LINF_170005900 Elongation factor 1-α Exosome marker [61]
LINF_190020600 Cysteine peptidase A (CPA) Virulence factor [61]
LINF_200018000 Calpain-like cysteine peptidase Virulence factor [61]
LINF_280035000
LINF_280036000

HSP70 Exosome marker [61]

LINF_280034700 Receptor for activated C kinase 1 Immunomodulator [35]
LINF_320036700 Nucleoside diphosphate kinase b Immunomodulator [35]
LINF_330009000 HSP83/90 Exosome marker [61]
LINF_350027300
LINF_350027500

Kinetoplastid membrane protein 11
(KMP11)

Immunomodulator [35]

LINF_360018400 Fructose-1-6-bisphosphate aldolase Immunomodulator [60]

3.7. Other Relevant Proteins Identified in the L. infantum Promastigote Proteome

Proteins with a high molecular weight (HMW) represent a challenge for mass spectrometry-based
assays, as they are usually underrepresented in protein extracts used for proteomic analysis.
To overcome this limitation, Brotherton et al. [63] optimized extraction protocols to enrich HMW proteins
and membrane proteins in L. infantum promastigotes and amastigotes. In our study, we confirmed the
presence of tryptic and/or chymotryptic peptides from 35 HMW proteins with a molecular weight (MW)
higher than 200 kDa (Supplementary File, Table S9). Among them, the identification of a calpain-like
cysteine peptidase was remarkable, as it had an estimated MW of around 700 kDa (LINF_270010200)
and was identified by 124 unique peptides, thus covering 24% of the amino acid sequence.

The flagellum is a characteristic organelle of Leishmania that confers motility to the parasite in
the promastigote stage, during which this structure is particularly prominent. In a recent publication,
an exhaustive structural and functional characterization of the L. mexicana promastigote flagellum was
reported [64]. In that study, flagella preparations were analyzed by proteomics, and this allowed for the
identification of 701 unique proteins for this organelle. Orthologues to around 400 flagellum-specific
proteins were identified in the L. infantum proteome described here. More importantly, most of the
proteins relevant for flagellum assembly and motility in L. mexicana promastigotes [64] were identified
in the experimental proteome of L. infantum promastigotes (Supplementary File, Table S10).

3.8. Detection of Post-Translational Modifications

The PTMs of proteins influence their activity, structure, turnover, localization, and capacity to
interact with other proteins. In Leishmania, PTMs, together with mRNA stability and translation
processes, are the essential regulators of gene expression. In this study, based on MS/MS spectra,
a significant number of phosphorylated, methylated, acetylated, glycosylated, and/or formylated
proteins were identified in the L. infantum proteome. Thus, even though specific enrichments of modified
proteins were not performed, we identified modified peptides that accounted for 10 phosphorylated,
144 methylated, 192 acetylated, 28 formylated, and 3 glycosylated proteins.

The phosphorylation of serine (S), threonine (T), and tyrosine (Y) amino acids implies an increase
of 79.97 Da in their molecular weights (unimod.org). The phosphorylated proteins identified in this
study and the modified residues are listed in Table 6. Apart from two unknown phosphoproteins
(LINF_040005600 and LINF_220013200), the ribosomal protein S10, α tubulins, an rRNA biogenesis
protein-like protein, the 3-ketoacyl CoA-thiolase, the flagellar protein KHARON1, the glycogen
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synthase kinase 3 (GSK-3), and the prototypical HSP70 might be regulated by phosphorylation (Table 6).
In fact, the phosphorylation of HSP70 has been reported to occur during the stress response in both
promastigotes and amastigotes of L. donovani [65].

Table 6. Phosphoproteins in the L. infantum proteome.

Gene ID Description Position

LINF_040005600 Hypothetical protein-conserved T187
LINF_130007700;
LINF_130007800;
LINF_130008000;
LINF_130008200;
LINF_130008300;
LINF_130008400;
LINF_130008600;
LINF_130008700

α tubulin T334; Y357

LINF_180007700 Glycogen synthase kinase 3 (GSK-3) Y186
LINF_190017000 Hypothetical protein-conserved S120
LINF_200011800 rRNA biogenesis protein-like protein Y571
LINF_220013200 Hypothetical protein-conserved S45
LINF_230014600 3-ketoacyl-CoA thiolase S229
LINF_280035400 HSP70 T159; T164
LINF_360015600;
LINF_360015700

40S ribosomal protein S10 S157

LINF_360068400 Flagellum targeting protein KHARON1 S158

Most of the observed phosphorylation events occurred on S and T, but in some proteins,
phosphorylation on Y residues was also detected. Rosenzweig et al. [66] identified 16 phosphorylated
proteins in L. donovani in either promastigotes or amastigotes; in that study, all of phosphorylations
occurred at S or/and T residues. No coincidences exist between the phosphoproteins identified by
these authors and those identified in this study (Table 6); however, this was not unexpected because
phosphorylation is a dynamic modification and the numbers of phosphorylated proteins identified
in both studies were low. Though the occurrence of phosphorylation events has been proven to be
much lower in tyrosine residues [67], it is remarkable that phosphorylated tyrosines were found in α

tubulins, the rRNA biogenesis protein, and in GSK-3 (Table 6). Some of these phosphorylated proteins
have also been identified in previous studies. Thus, for instance, the 3-ketoacyl-CoA thiolase was
found to be phosphorylated (at serine 229) in L. donovani promastigotes [68]. Kinases and phosphatases
are enzymes implicated in the regulation of phosphorylation/dephosphorylation processes, and,
accordingly, several serine, threonine, and tyrosine kinases and phosphatases have been identified in
the L. infantum proteome (Supplementary File, Table S11).

Methylation (+14 Da) is a physiological PTM that occurs at the C- and N-terminal ends of proteins,
and on the side chain nitrogen of arginine (R) and lysine (K); this modification is critical for regulating
several cellular processes. Apart from those amino acids, methylations have been found to occur in
other amino acids like aspartic acid (D), glutamic acid (E), histidine (H), glutamine (Q), and asparagine
(N) [69]. In the L. infantum proteome, 139 proteins were predicted to be methylated, 76 of them showed
methylation at K or R residues, 123 of the modified proteins showed D and/or E methylated residues,
and a methylated-H was found in β-tubulin. All the methylated proteins detected in this study are
listed in Supplementary File, Table S12. In summary, our findings pointed out that methylation at D and
E residues would be relatively frequent in Leishmania; as suggested by Sprung et al. [69], methylations
at E and D residues would increase the hydrophobicity of the modified proteins. Some examples of
highly methylated proteins identified in this study are α and β tubulins, heat shock proteins HSP70
and HSP83/90, and the elongation factor 2 (eEF2). Many orthologs to the methylated proteins detected
in this study were also identified as methylated in L. donovani [66].
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Acetylation (+42.02 Da) is a PTM considered as relevant as phosphorylation in metabolic
and signaling pathways. K acetylation has been described as a reversible enzymatic reaction that
regulates protein function, as it is particularly relevant in chromatin compaction by the acetylation
of histones [70]. Interestingly, the accumulation of acetylated histones has been observed at the
polycistronic transcription initiation sites in L. major and Trypanosoma cruzi [71,72]. However, in the
L. infantum proteomics data, peptides bearing acetylated K belonging to histones were not identified,
as was the case in the L. donovani proteome [66], thus suggesting a relatively low proportion of acetylated
histones in the bulk of total cellular histones. Some examples of proteins detected as acetylated in
this study are β tubulins (LINF_330015100, LINF_330015200, and LINF_210028500; modified at K297),
guanylate kinase (LINF_330018400, K3), the subunit β of ATP synthase (LINF_250018000; K511) and a
calpain-like cysteine peptidase (LINF_140014400; K74).

In addition, acetylation at the N-terminal ends of proteins may occur either co- or post-translationally,
as it is a frequent modification in eukaryotic proteins even though their physiological consequences
remain poorly understood [73]. This irreversible modification affects protein fate in the cell and is carried
out by N-terminal acetyltransferases (Nat). In the L. infantum promastigote proteome, we identified three
of these enzymes: Nat-1, Nat-B, and Nat-C (Supplementary File, Table S11). On the other hand, among the
144 N-terminally acetylated proteins identified in this study (Supplementary File, Table S13), 40 proteins
showed acetylation at their initial methionine (iM), and 104 were acetylated at the second amino acid,
suggesting a cleavage of the iM during protein maturation [74]. In the cases in which acetylation takes
place at the iM, we detected a bias in the amino acids located behind the iM. Thus, in 40% of the acetylated
proteins, the second amino acid was the polar non-charged N or Q residues (Figure 5A also shows the
other more frequent amino acids located at the second position). An acetylation reaction after iM removal
was mainly found on S (55% of the cases) and alanine (A) (in 31%) residues (Figure 5B). These two amino
acids, as well as threonine (found in 7.7% of the detected acetylated residues), have small side chains,
a feature previously noted to favor a more efficient iM cleavage in the course of protein maturation [66,75].

Figure 5. Features of the N-terminal acetylated proteins identified in this study. (A) Frequencies
(percentages) of amino acids found next to the acetylated initial methionine (iM) and the putative
enzymes responsible for the acetylation. (B) Percentages of amino acids found to be acetylated after
cleavage of the iM and the putative enzyme involved in the reaction. (C) An example illustrating the
usefulness of proteomics data for improving gene annotations. An acetylated peptide (red circle on
the grey shaded sequence) was mapped to sequences located upstream of the currently annotated
coding sequence for gene LINF_010008200 (blue box). The corrected gene (pink box) fit well into the
transcript (green box). The image in (C) was generated using the Integrative Genome Viewer (IGV).
CDS: coding sequence.
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On the other hand, the analysis of acetylated peptides allowed us to correct the initiator AUG
codon (and, therefore, the predicted amino acid sequence) of four previously misannotated genes
(whose new coordinates are indicated in Supplementary File, Table S13). One example is illustrated in
Figure 5C; the coding sequence of the LINF_010008200 gene (coding for a poly (A) export protein)
should be extended upstream 36 triplets based on the existence of an acetylated peptide encoded in
that region.

Glycosylation also plays a relevant role in protein maturation, as well as in signal transduction
mechanisms [76]. In this L. infantum proteomic study, we detected hexosylations or N-acetylhexosamine
addition in three proteins; these modifications were consistent with N-linked glycosylation events at N
residues. These PTM-modified proteins are cysteine peptidase A (CPA; LINF_190020600) modified
at N345, 3-hydroxy-3 methylglutaryl CoA synthase (at N340; LINF_240027300), and PUF6 (at N483;
LINF_330019100). The characterization of glycoproteins and the nature of their modifications remain
challenging due to the complexity and variety of glycan moieties. In this study, two single modifications
(hexosylation and N-acetylhexosamine addition) were searched, and this explained the extremely low
number of detected glycosylated proteins. Rosenzweig et al. [66] found 13 glycosylated proteins—only
one in asparagine and the rest in serine and threonine residues.

Formylation has not been previously described in trypanosomatids, but N-terminal methionine
formylation in eukaryotes has been linked to cellular stress and protein degradation processes [77].
In particular, formyl-lysine residues has been found in histones and other nuclear proteins [78]. In our
study, eight proteins were detected as formylated, mainly at leucine (in β-tubulin and typaredoxin),
glycine (in a hypothetical protein; LINF_260024300), serine (in an RNA-guanylyltransferase) and
lysine (in HSP83/90, a paraflagellar rod protein and a transaldolase) residues (see Supplementary File,
Table S14). Future research on protein formylations in Leishmania and other organisms will provide
insight into the physiological significance of this kind of PTM.

3.9. Proteogenomics

After assembling a genome, dedicated programs conduct the automatic annotation of ORFs.
However, this annotation is not definitive, and a continuous effort of curation is needed. Transcriptomic
analysis enables the obtainment of complete gene model annotation, including untranslated regions
that are key to understand post-transcriptional regulation mechanisms. In addition, a proteogenomic
analysis, such as that reported here, represents a powerful and useful approach for the identification
of non-annotated genes, the correction of misannotations, or the validation of gene annotations [23].
For this purpose, in this work, the experimentally obtained peptide spectra were searched against
all the polypeptides longer than 20 amino acids predicted from the ORFs found in the six possible
translation frames of the recently re-sequenced genome for L. infantum JPCM5 strain [13]. The majority
of the identified peptides fit well in current gene annotation (available at TriTryDB.org and
http://leish-esp.cbm.uam.es/). Nevertheless, some peptides mapped to non-annotated coding-regions
in the L. infantum (JPCM5) genome, uncovering eight novel protein-coding genes (Supplementary File,
Table S15). Figure 6 shows an example of a novel hypothetical protein found in chromosome 27,
together with the MS spectra of the two peptides that allowed for its identification.

As mentioned above (and illustrated in Figure 5), some of the detected peptides were mapped to
regions located upstream of annotated coding sequences (CDS). This led to the addition of N-terminal
extensions to 34 annotated proteins and the establishment of new translation start codons for their
corresponding genes (Supplementary File, Table S16). All the detected peptides were confirmed to be
unique, and the accuracy of their MS/MS spectra was manually revised.
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Figure 6. Identification of a novel protein based on the mapping of two experimentally detected-peptides
in a region of L. infantum JPCM5 chromosome 27, which currently lacks an annotated ORF. The new
CDS, named LINF_ 270,022,950 (pink box), fit well within a predicted transcript (LINF_27T0022950;
green box). Interestingly, the predicted amino acid sequence was well-conserved when compared with
proteins annotated in the genomic assemblies of L. major LV39 (ID: LmjVL39_270022400) and Leishmania

gerbilli LEM452 (ID: LGELEM452_270022800).

4. Conclusions

In the last years, the characterization of trypanosomatid proteomes has become an active area of
research. Here, we reported a proteomic analysis of L. infantum’s (JPCM5 strain) promastigote stage,
and it was the first whole proteomic study in this species after the re-sequencing and de novo assembly
of its genome in 2017 by González-De la Fuente et al. [13]. In addition, the search of the MS/MS spectra
was performed against any possible ORFs larger than 20 triplets that existed in all-six frames from
the L. infantum genome sequence. As a result, we identified 2352 proteins (Table S17), most of them
corresponding to the predicted sequences in current gene annotations (TriTrypDB.org). Comparisons
between the results of this study and previous proteomics data derived from promastigote stages in
different Leishmania species showed a significant level of similarity regarding the type of detected
proteins. Nevertheless, this proteomic study showed experimental evidence on the expression in
this parasite stage of 123 proteins that were not detected in previous studies; these proteins are listed
in Supplementary File, Table S18. In addition, this study allowed for the identification of several
PTMs in proteins, such as phosphorylation, methylation, acetylation, glycosylation, and formylation.
Finally, this study also allowed for the identification of eight new protein-coding genes and the
extension of the ORFs for 34. In conclusion, whole proteomics and genomic studies are inextricable,
the results of the former depend on an accurate genome annotation, and a genome cannot be only
annotated in an automatics manner. Thus, the proteomics data obtained in this study have allowed for
the correction of annotation mistakes, the discovery of new genes, and experimental evidence of the
existence of a large number of proteins that had to date been annotated as hypothetical.
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All this new information, at the level of individual genes, is already available at Wikidata.org
(searchable by the ID gene) and is going to be incorporated in the TriTrypDB database and the Leish-ESP
website (http://leish-esp.cbm.uam.es/).
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chain, Table S6: Identified proteins belonging to the proteasome, Table S7: Identified proteins in the categories of
chaperones and heat shock proteins, Table S8: Putative glycosomal proteins, Table S9: Identified proteins with
predicted molecular weight higher than 200 kDa, Table S10: Identified proteins in L. infantum putatively located in
the flagellum and/or involved in parasite motility, Table S11: Enzymes putatively involved on post-translational
modifications, Table S12: Methylated proteins and amino acids found to be modified, Table S13: N-terminal
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Author Contributions: Conceptualization, Á.S., E.M., A.R., A.M., B.A., and J.M.R.; methodology, Á.S., E.M.,
A.R., E.C., A.M., and S.G.-d.l.F.; formal analysis, Á.S., E.M., A.R., E.C., and S.G.-d.l.F.; data curation, A.S., E.M.,
S.G.-d.l.F., and J.M.R.; writing—original draft preparation, Á.S.; writing—review and editing, Á.S., A.M., B.A.,
and J.M.R.; funding acquisition, A.M., B.A., and J.M.R. All authors have read and agreed to the published version
of the manuscript.

Funding: This research was funded by grants (to B.A. and J.M.R.) from Proyecto del Ministerio de Economía,
Industria y Competitividad SAF2017-86965-R, and by the Network of Tropical Diseases Research RICET
(RD16/0027/0008); both grants are co-funded with FEDER funds. A.S. was funded by a postdoctoral contract from
the “Programa de Empleo Juvenil” of the Community of Madrid, Spain, within the European Youth Employment
Initiative (YEI). A.M. was funded by project PRB3-ISCIII (supported by grant PT17/0019) of the PE I+D+i 2013-2016,
funded by ISCIII and ERDF. The CBMSO receives institutional grants from the Fundación Ramón Areces and
from the Fundación Banco de Santander.

Acknowledgments: We thank the Genomics and NGS Core Facility at the Centro de Biología Molecular Severo
Ochoa (CBMSO, CSIC-UAM) for helping with the bioinformatics analysis. The CBMSO Proteomics Facility is a
member of Proteored.

Conflicts of Interest: The authors declare no conflict of interest.

References

1. World Health Organization (WHO). Leishmaniasis: Disease, Epidemiology, Diagnosis, Detection and Surveillance,

Vector Control, Access to Medicines and Information Resources; WHO: Geneva, Switzerland, 2019.
2. Lukes, J.; Mauricio, I.L.; Schonian, G.; Dujardin, J.-C.; Soteriadou, K.; Dedet, J.-P.; Kuhls, K.; Tintaya, K.W.Q.;

Jirku, M.; Chocholova, E.; et al. Evolutionary and geographical history of the Leishmania donovani complex
with a revision of current taxonomy. Proc. Natl. Acad. Sci. USA 2007, 104, 9375–9380. [CrossRef] [PubMed]

3. Ivens, A.C.; Peacock, C.S.; Worthey, E.A.; Murphy, L.; Berriman, M.; Sisk, E.; Rajandream, M.; Adlem, E.;
Anupama, A.; Apostolou, Z.; et al. The genome of the kinetoplastid parasite, Leishmania major. Science

2006, 309, 436–442. [CrossRef] [PubMed]
4. Peacock, C.S.; Seeger, K.; Harris, D.; Murphy, L.; Ruiz, J.C.; Quail, M.A.; Peters, N.; Adlem, E.; Tivey, A.;

Aslett, M.; et al. Comparative genomic analysis of three Leishmania species that cause diverse human
disease. Nat. Genet. 2007, 39, 839–847. [CrossRef] [PubMed]

5. Downing, T.; Imamura, H.; Decuypere, S.; Clark, T.G.; Coombs, G.H.; Cotton, J.A.; Hilley, J.D.; de Doncker, S.;
Maes, I.; Mottram, J.C.; et al. Whole genome sequencing of multiple Leishmania donovani clinical isolates
provides insights into population structure and mechanisms of drug resistance. Genome Res. 2011, 21, 2143–2156.
[CrossRef] [PubMed]

6. Gupta, A.K.; Srivastava, S.; Singh, A.; Singh, S. De novo whole-genome sequence and annotation of a
Leishmania strain isolated from a case of post-kala-azar dermal leishmaniasis. Genome Announc. 2015, 3, 4–5.
[CrossRef]

148



Genes 2020, 11, 1036

7. Llanes, A.; Restrepo, C.M.; Del Vecchio, G.; Anguizola, F.J.; Lleonart, R. The genome of Leishmania panamensis:
Insights into genomics of the L. (Viannia) subgenus. Sci. Rep. 2015, 5, 1–10. [CrossRef] [PubMed]

8. Raymond, F.; Boisvert, S.; Roy, G.; Ritt, J.F.; Légaré, D.; Isnard, A.; Stanke, M.; Olivier, M.; Tremblay, M.J.;
Papadopoulou, B.; et al. Genome sequencing of the lizard parasite Leishmania tarentolae reveals loss of genes
associated to the intracellular stage of human pathogenic species. Nucleic Acids Res. 2012, 40, 1131–1147.
[CrossRef]

9. Real, F.; Vidal, R.O.; Carazzolle, M.F.; Mondego, J.M.C.; Costa, G.G.L.; Herai, R.H.; Würtele, M.; De
Carvalho, L.M.E.; Ferreira, R.C.; Mortara, R.A.; et al. The genome sequence of leishmania (Leishmania)
amazonensis: Functional annotation and extended analysis of gene models. DNA Res. 2013, 20, 567–581.
[CrossRef]

10. Forsdyke, D.R. Evolutionary Bioinformatics; Springer: New York, NY, USA, 2006; pp. 1–424.
11. Imamura, H.; Downing, T.; Van den Broeck, F.; Sanders, M.J.; Rijal, S.; Sundar, S.; Mannaert, A.; Vanaerschot, M.;

Berg, M.; De Muylder, G.; et al. Evolutionary genomics of epidemic visceral leishmaniasis in the Indian
subcontinent. Elife 2016, 5, e12613. [CrossRef]

12. Coughlan, S.; Mulhair, P.; Sanders, M.; Schonian, G.; Cotton, J.A.; Downing, T. The genome of Leishmania

adleri from a mammalian host highlights chromosome fission in Sauroleishmania. Sci. Rep. 2017, 7, 1–13.
[CrossRef]

13. González-De La Fuente, S.; Peiró-Pastor, R.; Rastrojo, A.; Moreno, J.; Carrasco-Ramiro, F.; Requena, J.M.;
Aguado, B. Resequencing of the Leishmania infantum (strain JPCM5) genome and de novo assembly into 36
contigs. Sci. Rep. 2017, 7, 18050.

14. Alonso, G.; Rastrojo, A.; López-Pérez, S.; Requena, J.M.; Aguado, B. Resequencing and assembly of seven
complex loci to improve the Leishmania major (Friedlin strain) reference genome. Parasites Vectors 2016, 9, 74.
[CrossRef] [PubMed]

15. González-De La Fuente, S.; Camacho, E.; Peiró-Pastor, R.; Rastrojo, A.; Carrasco-Ramiro, F.; Aguado, B.;
Requena, J.M. Complete and de novo assembly of the Leishmania braziliensis (M2904) genome. Mem. Inst.

Oswaldo Cruz 2019, 114, 1–6. [CrossRef] [PubMed]
16. Requena, J.M.; Alcolea, P.J.; Alonso, A.; Larraga, V. Omics approaches for understanding gene expression in

Leishmania: Clues for tackling leishmaniasis. In Protozoan Parasitism: From Omics to Prevention and Control;
Pablos-Torró, L.M., Lorenzo-Morales, J., Eds.; Caister Academic Press: Norfolk, UK, 2018; pp. 77–112.

17. Capelli-Peixoto, J.; Mule, S.N.; Tano, F.T.; Palmisano, G.; Stolf, B.S. Proteomics and Leishmaniasis: Potential
clinical applications. Proteom. Clin. Appl. 2019, 13, 1800136. [CrossRef]

18. Nugent, P.G.; Karsani, S.A.; Wait, R.; Tempero, J.; Smith, D.F. Proteomic analysis of Leishmania mexicana

differentiation. Mol. Biochem. Parasitol. 2004, 136, 51–62. [CrossRef]
19. Leifso, K.; Cohen-Freue, G.; Dogra, N.; Murray, A.; McMaster, W.R. Genomic and proteomic expression

analysis of Leishmania promastigote and amastigote life stages: The Leishmania genome is constitutively
expressed. Mol. Biochem. Parasitol. 2007, 152, 35–46. [CrossRef]

20. Rosenzweig, D.; Smith, D.; Opperdoes, F.; Stern, S.; Olafson, R.W.; Zilberstein, D. Retooling Leishmania
metabolism: From sand fly gut to human macrophage. FASEB J. 2008, 22, 590–602. [CrossRef]

21. Jardim, A.; Hardie, D.B.; Boitz, J.; Borchers, C.H. Proteomic profiling of Leishmania donovani promastigote
subcellular organelles. J. Proteome Res. 2018, 17, 1194–1215. [CrossRef]

22. Tasbihi, M.; Shekari, F.; Hajjaran, H.; Masoori, L.; Hadighi, R. Mitochondrial proteome profiling of Leishmania

tropica. Microb. Pathog. 2019, 133, 103542. [CrossRef]
23. Armengaud, J. Proteogenomics and systems biology: Quest for the ultimate missing parts. Expert Rev. Proteom.

2010, 7, 65–77. [CrossRef]
24. Moreno, M.-L.; Escobar, J.; Izquierdo-Alvarez, A.; Gil, A.; Perez, S.; Pereda, J.; Zapico, I.; Vento, M.; Sabater, L.;

Marina, A.; et al. Disulfide stress: A novel type of oxidative stress in acute pancreatitis. Free Radic. Biol. Med.

2014, 70, 265–277. [CrossRef] [PubMed]
25. Shevchenko, A.; Wilm, M.; Vorm, O.; Mann, M. Mass spectrometric sequencing of proteins from silver-stained

polyacrylamide gels. Anal. Chem. 1996, 68, 850–858. [CrossRef] [PubMed]
26. Torres, L.L.; Cantero, A.; del Valle, M.; Marina, A.; Lopez-Gallego, F.; Guisan, J.M.; Berenguer, J.; Hidalgo, A.

Engineering the substrate specificity of a thermophilic penicillin acylase from Thermus thermophilus.
Appl. Environ. Microbiol. 2013, 79, 1555–1562. [CrossRef] [PubMed]

149



Genes 2020, 11, 1036

27. Zhang, J.; Xin, L.; Shan, B.; Chen, W.; Xie, M.; Yuen, D.; Zhang, W.; Zhang, Z.; Lajoie, G.A.; Ma, B.
PEAKS DB: De novo sequencing assisted database search for sensitive and accurate peptide identification.
Mol. Cell. Proteom. 2012, 11, M111.010587. [CrossRef] [PubMed]

28. Yonghua, H.; Bin, M.; Zaizhong, Z. SPIDER: Software for protein identification from sequence tags with
de novo sequencing error. In Proceedings of the IEEE Computational Systems Bioinformatics Conference,
Stanford, CA, USA, 19 August 2004.

29. Han, X.; He, L.; Xin, L.; Shan, B.; Ma, B. PeaksPTM: Mass spectrometry-based identification of peptides with
unspecified modifications. J. Proteome Res. 2011, 10, 2930–2936. [CrossRef] [PubMed]

30. McNicoll, F.; Drummelsmith, J.; Müller, M.; Madore, É.; Boilard, N.; Ouellette, M.; Papadopoulou, B.
A combined proteomic and transcriptomic approach to the study of stage differentiation in Leishmania

infantum. Proteomics 2006, 6, 3567–3581. [CrossRef] [PubMed]
31. Foucher, A.L.; Papadopoulou, B.; Ouellette, M. Prefractionation by digitonin extraction increases

representation of the cytosolic and intracellular proteome of Leishmania infantum. J. Proteome Res.

2006, 5, 1741–1750. [CrossRef]
32. Brotherton, M.-C.; Racine, G.; Foucher, A.L.; Drummelsmith, J.; Papadopoulou, B.; Ouellette, M. Analysis

of stage-specific expression of basic proteins in Leishmania infantum. J. Proteome Res. 2010, 9, 3842–3853.
[CrossRef]

33. Alcolea, P.J.; Alonso, A.; Larraga, V. Proteome profiling of Leishmania infantum promastigotes. J. Eukaryot.

Microbiol. 2011, 58, 352–358. [CrossRef]
34. Braga, M.S.; Neves, L.X.; Campos, J.M.; Roatt, B.M.; de Oliveira Aguiar Soares, R.D.; Braga, S.L.; de Melo

Resende, D.; Reis, A.B.; Castro-Borges, W. Shotgun proteomics to unravel the complexity of the Leishmania

infantum exoproteome and the relative abundance of its constituents. Mol. Biochem. Parasitol. 2014, 195, 43–53.
[CrossRef]

35. Santarém, N.; Racine, G.; Silvestre, R.; Cordeiro-da-Silva, A.; Ouellette, M. Exoproteome dynamics in
Leishmania infantum. J. Proteom. 2013, 84, 106–118. [CrossRef] [PubMed]

36. Pawar, H.; Renuse, S.; Khobragade, S.N.; Chavan, S.; Sathe, G.; Kumar, P.; Mahale, K.N.; Gore, K.; Kulkarni, A.;
Dixit, T.; et al. Neglected tropical diseases and omics science: Proteogenomics analysis of the promastigote
stage of leishmania major parasite. Omi. A J. Integr. Biol. 2014, 18, 499–512. [CrossRef] [PubMed]

37. Nirujogi, R.S.; Pawar, H.; Renuse, S.; Kumar, P.; Chavan, S.; Sathe, G.; Sharma, J.; Khobragade, S.; Pande, J.;
Modak, B.; et al. Moving from unsequenced to sequenced genome: Reanalysis of the proteome of Leishmania

donovani. J. Proteom. 2014, 97, 48–61. [CrossRef] [PubMed]
38. Pawar, H.; Sahasrabuddhe, N.A.; Renuse, S.; Keerthikumar, S.; Sharma, J.; Kumar, G.S.S.; Venugopal, A.;

Sekhar, N.R.; Kelkar, D.S.; Nemade, H.; et al. A proteogenomic approach to map the proteome of an
unsequenced pathogen—Leishmania donovani. Proteomics 2012, 12, 832–844. [CrossRef]

39. Ramrath, D.J.F.; Niemann, M.; Leibundgut, M.; Bieri, P.; Prange, C.; Horn, E.K.; Leitner, A.; Boehringer, D.;
Schneider, A.; Ban, N. Evolutionary shift toward protein-based architecture in trypanosomal mitochondrial
ribosomes. Science 2018, 362, eaau7735. [CrossRef]

40. Clayton, C.; Shapira, M. Post-transcriptional regulation of gene expression in trypanosomes and leishmanias.
Mol. Biochem. Parasitol. 2007, 156, 93–101. [CrossRef]

41. Requena, J.M. Lights and shadows on gene organization and regulation of gene expression in Leishmania.
Front. Biosci. Landmark Ed. 2011, 16, 2069–2085. [CrossRef]

42. Beckmann, B.M.; Castello, A.; Medenbach, J. The expanding universe of ribonucleoproteins: Of novel
RNA-binding proteins and unconventional interactions. Pflugers Arch. Eur. J. Physiol. 2016, 468, 1029–1040.
[CrossRef]

43. Kramer, S.; Carrington, M. Trans-acting proteins regulating mRNA maturation, stability and translation in
trypanosomatids. Trends Parasitol. 2011, 27, 23–30. [CrossRef]

44. De Gaudenzi, J.G.; Frasch, A.C.; Clayton, C. RNA-binding domain proteins in Kinetoplastids: A comparative
analysis. Eukaryot. Cell 2014, 4, 2106–2114. [CrossRef]

45. Nandan, D.; Thomas, S.A.; Nguyen, A.; Moon, K.M.; Foster, L.J.; Reiner, N.E. Comprehensive identification
of mRNABinding proteins of Leishmania donovani by interactome capture. PLoS ONE 2017, 12, e0170068.
[CrossRef] [PubMed]

46. Folgueira, C.; Martínez-Bonet, M.; Requena, J.M. The Leishmania infantum PUF proteins are targets of the
humoral response during visceral leishmaniasis. BMC Res. Notes 2010, 3, 13. [CrossRef] [PubMed]

150



Genes 2020, 11, 1036

47. Subramanian, A.; Jhawar, J.; Sarkar, R.R. Dissecting Leishmania infantum energy metabolism—A systems
perspective. PLoS ONE 2015, 10, e0137976. [CrossRef] [PubMed]

48. Colasante, C.; Voncken, F.; Manful, T.; Ruppert, T.; Tielens, A.G.M.; van Hellemond, J.J.; Clayton, C. Proteins
and lipids of glycosomal membranes from Leishmania tarentolae and Trypanosoma brucei. F1000Research

2013, 2, 1–15. [CrossRef]
49. Camacho, E.; Rastrojo, A.; Sanchiz, Á.; González-de la Fuente, S.; Aguado, B.; Requena, J.M. Leishmania

mitochondrial genomes: Maxicircle structure and heterogeneity of minicircles. Genes (Basel) 2019, 10, 758.
[CrossRef]

50. Paugam, A.; Bulteau, A.L.; Dupouy-Camet, J.; Creuzet, C.; Friguet, B. Characterization and role of protozoan
parasite proteasomes. Trends Parasitol. 2003, 19, 55–59. [CrossRef]

51. Silva-Jardim, I.; Fátima Horta, M.; Ramalho-Pinto, F.J. The Leishmania chagasi proteasome: Role in
promastigotes growth and amastigotes survival within murine macrophages. Acta Trop. 2004, 91, 121–130.
[CrossRef]

52. Khare, S.; Nagle, A.S.; Biggart, A.; Lai, Y.H.; Liang, F.; Davis, L.C.; Barnes, S.W.; Mathison, C.J.N.; Myburgh, E.;
Gao, M.-Y.; et al. Proteasome inhibition for treatment of leishmaniasis, Chagas disease and sleeping sickness.
Nature 2016, 537, 229–233. [CrossRef]

53. Balchin, D.; Hayer-Hartl, M.; Hartl, F.U. In vivo aspects of protein folding and quality control. Science

2016, 353, aac4354. [CrossRef]
54. Requena, J.M.; Montalvo, A.M.; Fraga, J. Molecular chaperones of Leishmania: Central players in many

stress-related and -unrelated physiological processes. Biomed Res. Int. 2015, 2015, 1–21. [CrossRef]
55. Bauer, S.; Morris, M.T. Glycosome biogenesis in trypanosomes and the de novo dilemma. PLoS Negl. Trop. Dis.

2017, 11, e0005333. [CrossRef] [PubMed]
56. Pilar, A.V.C.; Strasser, R.; McLean, J.; Quinn, E.; Cyr, N.; Hojjat, H.; Kottarampatel, A.H.; Jardim, A.

Analysis of the Leishmania peroxin 7 interactions with peroxin 5, peroxin 14 and PTS2 ligands. Biochem. J.

2014, 460, 273–282. [CrossRef] [PubMed]
57. Jamdhade, M.D.; Pawar, H.; Chavan, S.; Sathe, G.; Umasankar, P.K.; Mahale, K.N.; Dixit, T.; Madugundu, A.K.;

Prasad, T.S.K.; Gowda, H.; et al. Comprehensive Proteomics analysis of glycosomes from Leishmania donovani.
OMICS A J. Integr. Biol. 2015, 19, 157–170. [CrossRef] [PubMed]

58. Boitz, J.M.; Ullman, B.; Jardim, A.; Carter, N.S. Purine salvage in Leishmania: Complex or simple by design?
Trends Parasitol. 2012, 28, 345–352. [CrossRef] [PubMed]

59. Tiwari, K.; Dubey, V.K. Fresh insights into the pyrimidine metabolism in the trypanosomatids. Parasites Vectors

2018, 11, 1–15. [CrossRef]
60. Pérez-Cabezas, B.; Santarém, N.; Cecílio, P.; Silva, C.; Silvestre, R.; AM Catita, J.; Cordeiro da Silva, A.

More than just exosomes: Distinct Leishmania infantum extracellular products potentiate the establishment of
infection. J. Extracell. Vesicles 2019, 8, 1541708. [CrossRef]

61. Atayde, V.D.; Aslan, H.; Townsend, S.; Hassani, K.; Kamhawi, S.; Olivier, M. Exosome secretion by the
parasitic protozoan Leishmania within the sand fly midgut. Cell Rep. 2015, 13, 957–967. [CrossRef]

62. Avilán, L.; Gualdrón-López, M.; Quiñones, W.; González-González, L.; Hannaert, V.; Michels, P.A.M.;
Concepción, J.-L. Enolase: A key player in the metabolism and a probable virulence factor of Trypanosomatid

parasites—Perspectives for its use as a therapeutic target. Enzyme Res. 2011, 2011, 932549. [CrossRef]
63. Brotherton, M.C.; Racine, G.; Ouameur, A.A.; Leprohon, P.; Papadopoulou, B.; Ouellette, M. Analysis of

membrane-enriched and high molecular weight proteins in Leishmania infantum promastigotes and axenic
amastigotes. J. Proteome Res. 2012, 11, 3974–3985. [CrossRef]

64. Beneke, T.; Demay, F.; Hookway, E.; Ashman, N.; Jeffery, H.; Smith, J.; Valli, J.; Becvar, T.; Myskova, J.;
Lestinova, T.; et al. Genetic dissection of a Leishmania flagellar proteome demonstrates requirement for
directional motility in sand fly infections. PLoS Pathog. 2019, 15, e1007828. [CrossRef]

65. Morales, M.A.; Watanabe, R.; Dacher, M.; Chafey, P.; Osorio, Y.; Fortéa, J.; Scott, D.A.; Beverley, S.M.;
Ommen, G.; Clos, J.; et al. Phosphoproteome dynamics reveal heat-shock protein complexes specific to the
Leishmania donovani infectious stage. Proc. Natl. Acad. Sci. USA 2010, 107, 8381–8386. [CrossRef] [PubMed]

66. Rosenzweig, D.; Smith, D.; Myler, P.J.; Olafson, R.W.; Zilberstein, D. Post-translational modification of cellular
proteins during Leishmania donovani differentiation. Proteomics 2008, 8, 1843–1850. [CrossRef] [PubMed]

67. Santos, A.L.S.; Branquinha, M.H.; D’Avila-Levy, C.M.; Kneipp, L.; Sodré, C.L. Proteins and Proteomics of

Leishmania and Trypanosoma; Springer: New York, NY, USA, 2014; ISBN 978-94-007-7304-2.

151



Genes 2020, 11, 1036

68. Tsigankov, P.; Gherardini, P.F.; Helmer-Citterich, M.; Späth, G.F.; Zilberstein, D. Phosphoproteomic analysis
of differentiating Leishmania parasites reveals a unique stage-specific phosphorylation motif. J. Proteome Res.

2013, 12, 3405–3412. [CrossRef] [PubMed]
69. Sprung, R.; Chen, Y.; Zhang, K.; Cheng, D.; Zhang, T.; Peng, J.; Zhao, Y. Identification and validation of

eukaryotic aspartate and glutamate methylation in proteins. J. Proteome Res. 2008, 7, 1001–1006. [CrossRef]
70. Alonso, V.L.; Serra, E.C. Lysine acetylation: Elucidating the components of an emerging global signaling

pathway in trypanosomes. J. Biomed. Biotechnol. 2012, 2012. [CrossRef]
71. Thomas, S.; Green, A.; Sturm, N.R.; Campbell, D.A.; Myler, P.J. Histone acetylations mark origins of

polycistronic transcription in Leishmania major. BMC Genom. 2009, 10, 152. [CrossRef]
72. Respuela, P.; Ferella, M.; Rada-Iglesias, A.; Aslund, L. Histone acetylation and methylation at sites initiating

divergent polycistronic transcription in Trypanosoma cruzi. J. Biol. Chem. 2008, 283, 15884–15892. [CrossRef]
73. Cuervo, P.; Domont, G.B.; De Jesus, J.B. Proteomics of trypanosomatids of human medical importance.

J. Proteom. 2010, 73, 845–867. [CrossRef]
74. Linster, E.; Wirtz, M. N-terminal acetylation: An essential protein modification emerges as an important

regulator of stress responses. J. Exp. Bot. 2018, 69, 4555–4568. [CrossRef]
75. Gupta, N.; Tanner, S.; Jaitly, N.; Adkins, J.N.; Lipton, M.; Edwards, R.; Romine, M.; Osterman, A.;

Bafna, V.; Smith, R.D.; et al. Whole proteome analysis of post-translational modifications: Applications of
mass-spectrometry for proteogenomic annotation. Genome Res. 2007, 17, 1362–1377. [CrossRef]

76. Manzano-Román, R.; Fuentes, M. Relevance and proteomics challenge of functional posttranslational
modifications in Kinetoplastid parasites. J. Proteom. 2020, 220, 103762. [CrossRef] [PubMed]

77. Eldeeb, M.A.; Fahlman, R.P.; Esmaili, M.; Fon, E.A. Formylation of eukaryotic cytoplasmic proteins: Linking
stress to degradation. Trends Biochem. Sci. 2019, 44, 181–183. [CrossRef] [PubMed]
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Abstract: The protozoan parasite Leishmania donovani is part of an early eukaryotic branch and depends on
post-transcriptional mechanisms for gene expression regulation. This includes post-transcriptional protein
modifications, such as protein phosphorylation. The presence of genes for protein SUMOylation,
i.e., the covalent attachment of small ubiquitin-like modifier (SUMO) polypeptides, in the Leishmania

genomes prompted us to investigate the importance of the sentrin-specific protease (SENP) and
its putative client, SUMO, for the vitality and infectivity of Leishmania donovani. While SENP null
mutants are viable with reduced vitality, viable SUMO null mutant lines could not be obtained.
SUMO C-terminal processing is disrupted in SENP null mutants, preventing SUMO from covalent
attachment to proteins and nuclear translocation. Infectivity in vitro is not affected by the loss of
SENP-dependent SUMO processing. We conclude that SENP is required for SUMO processing,
but that functions of unprocessed SUMO are critical for Leishmania viability.

Keywords: Leishmania; SENP; Ulp2; SUMO; CRISPR; protease

1. Introduction

Leishmania donovani is a protozoan parasite that causes the lethal visceral leishmaniasis, also known as
Kala azar. It is a vector-borne pathogen, transmitted by female sandflies of the genus Phlebotomus, in particular
P. argentipes. Leishmania exists in two main developmental stages. Promastigotes, elongated flagellates,
proliferate rapidly in the sandfly gut. When transmitted to humans, the parasites are phagocytized by
antigen-presenting cells and once inside the phagosomes, convert into ovoid, aflagellated amastigotes
as which they may persist in the host for months or years.

The leishmaniae differ from their human host and from most other eukaryotes by their
lack of gene-specific transcription regulation [1–3], relying on modulated RNA stability [4],
inducible translation [5] and reversible gene amplification [6,7] instead.

In addition, Leishmania spp. have a full complement of protein kinases [8] and phosphatases [9]
to modulate protein activity via phosphorylation and dephosphorylation. Heat shock proteins are
important substrates for life cycle stage-dependent phosphorylation [10], but protein kinases also affect
parasite morphology, infectivity and viability [8,11–13]. Methylation, acetylation and glycosylation of
proteins, i.e., modifications of amino acid side chains, have also been described for Leishmania [14,15].

Another type of post-translational protein modifications (PTMs), the conjugation of modifying
polypeptides to target proteins is not as well researched in Leishmania, but known to exist,
e.g., the conjugation of a mitochondrial associated ubiquitin fold modifier (UFM) [16,17]. Conjugation of
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another modifier, small ubiquitin-like modifier (SUMO) was studied in Trypanosoma spp: SUMOylation
of proteins was described for Trypanosoma cruzi [18] and T. brucei [19,20], where this PTM is involved in
surface antigen expression and nuclear organization. A putative ortholog of SUMO is present in the
L. donovani genome and expressed [5,21].

For SUMOylation to happen, the SUMO precursor must first undergo a proteolytic cleavage
by a sentrin-specific protease (SENP), which removes the C-terminal amino acids and leaves an
exposed, reactive, C-terminal di-glycine group [22,23]. A putative SENP ortholog is also encoded in
the L. donovani genome and expressed [5,24]. In humans, the di-glycine is further activated by the E1
protein, transesterified to the E2 SUMO-conjugating enzyme and finally transferred to the substrate
protein by the E3 SUMO ligase. DeSUMOylation is also facilitated by SENP [25], establishing SENP as
a pivotal enzyme to control the SUMOylation state of substrate proteins.

SUMOylation of proteins may have different consequences and result in (i) interference with
binding of partner proteins, (ii) additional interaction sites for other proteins, or (iii) SUMO-induced
conformational changes of the modified protein [23]. SUMOylation may interfere or promote other
PTMs, such as phosphorylation [26] or ubiquitination [27,28]. The SUMOylation status of proteins is
highly dynamic, dependent on cell cycle phases, differentiation and stress exposure [23]. Incorrect or
excessive SUMOylation is also associated with severe disease, such as cardiovascular or neurological
dysfunctions, but also cancer [28]. It is therefore conceivable that in an organism such as Leishmania,
which is highly dependent on post-transcriptional gene expression regulation, SUMOylation of proteins
may play an important role in its adaption to vectors and hosts.

Here, we describe a reverse genetic analysis of SUMO and SENP in L. donovani. We test
the SUMO-specific proteolytic activity of SENP in vivo and examine its impact on vitality and
intracellular survival.

2. Materials and Methods

2.1. Leishmania Culture Conditions

Leishmania donovani strain 1S [29] promastigotes and derived mutants were cultured at 25 ◦C in
M199+medium [30] with the respective antibiotics: puromycin (25 µg/mL, AppliChem, Darmstadt,
Germany), blasticidin (5 µg/mL), G418 (50 µg/mL) and hygromycin B (50 µg/mL, all Carl Roth,
Karlsruhe, Germany). Cells were passaged every 3–4 days.

2.2. Electrotransfection of Leishmania Parasites

Electrotransfection and selection was performed as described [31]. Clonal parasite populations
were obtained by limiting dilution in 96-well plates with an initial inoculum of 0.5 parasites/well
in a final volume of 200 µL M199+ medium supplemented with the respective antibiotics and
1× penicillin/streptomycin (Sigma Aldrich, Munich, Germany).

2.3. In Vitro Infection of Murine Bone Marrow-Derived Macrophages

Isolation and in vitro infection of murine bone marrow derived macrophages was performed as
described [30].

2.4. Construction and Preparation of Recombinant DNA

The SUMO (LdBPK_080480) and SENP (LdBPK_262070) coding sequences were amplified from
L. donovani 1S genomic DNA using specific primer pairs (Table S1) that introduce restriction sites as
indicated. PCR products were subsequently ligated into pCL2N [32], or derived plasmids pCL2N-3×HA
(N-ter) and pCL2N-3×HA (C-ter), predigested with the cognate restriction enzymes. Plasmids were
amplified in Escherichia coli DH5α and purified by CsCl density gradient ultracentrifugation as described
previously [33].
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2.5. PCR-Amplification of Targeting Constructs

For CRISPR/Cas9-mediated gene disruption, sgRNA templates and replacement constructs were
PCR-amplified using the Expand High Fidelity PCR System (Roche, Mannheim, Germany) and PCR
conditions essentially as described previously [34]. Oligonucleotides used are listed in Table S1.

2.6. RNA Extraction, cDNA Synthesis and Quantitative Real-Time PCR (qRT-PCR)

RNA extraction, cDNA detection and RT-qPCR were performed essentially as described [35,36].
Primer sequences are listed in Table S2.

2.7. Next Generation Sequencing

Isolation of genomic DNA, DNA library preparation and sequencing was performed following
established protocols and carried out on a MiSeq sequencer (Illumina, San Diego, CA, USA) [36].

2.8. Western Blotting

Western blot was performed essentially as described [37,38]. Primary anti-HA IgG antibody
(polyclonal, mouse, 1:5000; Invitrogen, Carlsbad, CA, USA) in blocking solution (5% milk/TBST
solution) was used in conjunction with anti-mouse-AP IgG (polyclonal, goat, 1:1000; Dianova,
Hamburg, Germany).

2.9. Immunofluorescence Assays

Immunofluorescence assays of log-phase promastigotes, heat-shocked promastigotes and axenic
amastigotes were performed as described previously [38]. Briefly, 2 × 105 cells were washed with
1×PBS and applied on microscopic slides and fixed with ice-cold methanol. Following permeabilization
and blocking, the cells were stained with primary anti-HA IgG antibody (polyclonal, mouse, 1:3000;
Invitrogen, Carlsbad, CA, USA) and secondary anti-mouse Alexa Fluor® 594 IgG (polyclonal, goat,
1:1000; Thermo Fisher Scientific, Waltham, MA, USA) and DAPI (1:50; Sigma Aldrich, Munich,
Germany). Fluorescence microscopy was carried out on an EVOS® FL Auto Cell Imaging System
using a 64×magnification.

2.10. In Silico Procedures

In silico construction of plasmids, DNA and protein sequence analyses was performed using
the MacVector software, version 17 (MacVector Inc., Cambridge, UK). Microscopy images were
processed using Adobe Photoshop CS3 (Adobe Corp., San Jose, CA, USA) and juxtaposed using
Intaglio (Version 3.9, Purgatory Design, Durango, CO, USA). Multi-panel figures were also assembled
using the Intaglio software.

In silico design of SUMO- and SENP-specific sgRNAs and primers for the amplification of the
donor repair cassettes was performed using the LeishGEdit online tool [39]. Oligonucleotides were
purchased from Sigma-Aldrich (München, Germany).

Gene annotations and reference genomes (version 42) of L. donovani BPK were downloaded from
the TriTrypDB server. Reads were aligned to the reference genomes using the MacVector software
version 17 and Bowtie2 algorithm [40].

Statistical analyses were performed using Prism (version 8, GraphPad Software, San Diego,
CA, USA). Ranking tests were performed using the U-test [41]. Differences were considered significant
at a level of p < 0.05.
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3. Results

3.1. Expression of SUMO and SENP Proteins in Leishmania spp.

When screening the L. donovani genome database using BLAST, we identified genes coding for
SUMO (LdBPK_080480) and SENP (LdBPK_262070). A ClustalW amino acid sequence comparison of
SUMO genes from five Leishmania species and two Trypanosoma species with four human paralogs
and orthologs from Drosophila and yeast was performed and used to build a phylogenetic tree
(Figure 1A). The SUMO orthologs from the lower eukaryotic clade are distinct from the metazoan
SUMOs, but reasonably well conserved (Figure 1C). Notably, the di-glycine motif near the C terminus
is present in all SUMO orthologs. The SENP/Ulp2 peptidases, too, were highly conserved among the
Leishmania spp. and clearly related to the Trypanosoma orthologs (Figure 1B).

Both SUMO and SENP are constitutively expressed in L. donovani. RNA-seq and ribosome
profiling data generated previously [5] show minor variations for SUMO protein synthesis and RNA
abundance for L. donovani before and after radicicol-induced promastigote-to-amastigote differentiation
(Figure 1D). SENP also shows a constitutive, stage-independent protein synthesis and RNA levels.
The normalized [5] ribosome footprinting read densities for SUMO and SENP were slightly above
those for ubiquitin fold modifier (UFM, LdBPK_161100), another PTM polypeptide [19,20], and lower
than those recorded for polyubiquitin (LdBPK_090950), indicating a gene expression rate slightly above
the median (1.0) for L. donovani genes. With expression of SUMO and SENP established, we decided to
target both genes for replacement, using a CRISPR/Cas9 approach.
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Figure 1. Conservation and expression of SUMO and SENP in Leishmania. (A) Phylogenetic analysis of
SUMO proteins. Sequence alignment and tree building were done using the neighbor joining algorithm
and best-fit analysis with Poisson correction. Numbers indicate amino acid sequence deviation.
(B) Phylogenetic analysis of SENP proteins, performed as in (A). (C) Alignment of SUMO amino acid
sequences, with the C-terminal di-glycine highlighted. (D) Gene expression analysis by ribosome
profiling and RNA-seq analysis for L. donovani before (−RAD) and after (+RAD) radicicol-induced
differentiation. Shown are relative read densities, normalized to the median read densities, for protein
synthesis (RFP) and RNA abundance (RNA). Data collected from [5].

3.2. Replacement of L. donovani SUMO

To test the importance of SUMO for L. donovani viability and/or proliferation, we targeted SUMO

for CRISPR/Cas9-mediated replacement, following an established protocol [34,39]. The 5′sgRNA-
and 3′sgRNA-coding sequences, along with the upstream and downstream flanking primers were
designed as shown in Figure 2A, together with two primer pairs to test for the presence of SUMO.
The selection marker gene cassettes from plasmids pTPURO and pTBLAST were amplified using the
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upstream and downstream flanking primers to yield 1.9 kb PCR products (Figure 2B). Those, together
with the 5′- and 3′-sgRNA-coding oligonucleotides (Figure 2C) were transfected into L. donovani

expressing both the Cas9 recombinase and the T7 RNA polymerase (L. donovani (Cas9/T7-RNAP)).
The transfectants were then selected under IC95 (95%-inhibiting concentration) for puromycin and
blasticidin. Selected parasites were cloned by limiting dilution [42] and tested for the presence of
SUMO by PCR with two independent primer pairs. Figure 2D shows that all tested clones remained
positive for SUMO.

The success of CRISPR-mediated gene replacement is very dependent on a perfect match between
gene sequences and the annealing sgRNA regions. We therefore tested whether the sgRNA pair
was able to basepair with the SUMO coding sequence. For this, we repeated the transfection of
sgRNA-coding oligonucleotides and selection marker cassettes in an L. donovani strain over expressing
SUMO from episomal gene copies to create SUMO–/–/+ parasites. In five out of six clones, we could
verify the loss of the chromosomal SUMO alleles. This confirms the specificity of the sgRNAs and
selection marker cassette amplificates. We conclude that replacement of SUMO is only possible in
the presence of ectopic SUMO gene copies, giving strong evidence for an essential role of SUMO in
viability and/or proliferative capacity of L. donovani.

As C-terminal processing by SENP/Ulp2 is thought to be critical for conjugation and polymerization
of SUMO, but also for de-SUMOylation, we next targeted the putative SENP ortholog for replacement.
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Figure 2. Replacement of SUMO in Leishmania donovani. (A) Schematic representation of LdBPK_080480.1
replacement using the CRISPR/Cas9 technology. SUMO-targeting sgRNAs (grey) and the replacement
cassettes were PCR-amplified and transfected into a Cas9/T7-RNAP-expressing L. donovani strain. Two sets
of genotyping primers were used to test for the presence of the gene of interest (GOI) (B) Gene-specific
replacement cassettes amplified from pTPURO or pTBLAST vector were analyzed by agarose gel
electrophoresis and ethidium bromide staining. The position of the DNA size marker is indicated on
the left, the primers used are indicated on the right. (C) Amplified sgRNA-coding sequences were
separated on a 1% agarose gel and stained with ethidium bromide. (D) Genotyping of putative gene
replacement mutant clones with primer pairs 7+8 or 5+6. PCR products were analyzed by 1% agarose
gel electrophoresis. Positions of DNA size markers are shown to the left; the primer pairs are indicated
on the right. (E) Genotyping of gene replacement mutants in the SUMO over expression background
(SUMO−/−/+) indicated primer pairs.
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3.3. Replacement of SENP

Again, we used the LeishGedit toolbox to design 5′- and 3′-sgRNAs. Selection marker cassettes
were amplified from the pTPURO and pTBLAST plasmids with ends targeting the SENP UTR
sequences (Figure 3A). A mix of amplified sgRNA coding DNA and amplified selection marker
cassettes was then transfected into L. donovani (Cas9/T7-RNAP). The transfectants were then cultivated
under puromycin/blasticidin double selection. Selected parasite populations were then subjected
to limiting dilution to raise putative SENP−/− clones. RT-qPCR analysis of SENP RNA confirmed
the lack of GOI-specific RNA for all selected clones, confirming them as null mutants (Figure 3B).
Reintroduction of SENP as an episomal gene copy into clone#1 resulted in a massive over production of
SENP RNA (SENP−/−/+, Figure 3B). Given the confounding potential of Cas9 expression in the mutants,
we analyzed them for Cas9 RNA as well (Figure 3C). Only L. donovani (Cas9/T7-RNAP) kept under
the episome-specific antibiotic selection showed detectable levels of Cas9 RNA while the SENP−/−

mutants had lost the expression plasmid during selection and cloning.
To confirm the loss of SENP on a genomic level, we also performed whole genome sequencing of

genomic DNA (gDNA) from L. donovani wild type, L. donovani (Cas9/T7-RNAP), L. donovani SENP−/−

cl.1 and L. donovani SENP−/− cl.2. Next generation sequencing reads were then aligned to L. donovani

chromosome 26, using the Bowtie2 algorithm. As expected, both wild type and the Cas9/T7 strain
showed uninterrupted read coverage over the SENP gene locus. Conversely, the SENP−/− cl.1 showed a
complete lack of SENP-specific reads, while clone 2 showed minimal read coverage, possibly indicating
a mosaic population (Figure 3D). However, RT-qPCR analysis (Figure 3B) did not show a low level
SENP RNA presence. Still, we chose clone 1 for our further analyses.

3.4. SENP Processes the SUMO C Terminus

In the next step, we verified that SENP is indeed required for C-terminal processing of SUMO.
We constructed plasmids for ectopic expression of SUMO either with an N-terminal 3×HA tag
(Figure 4A) or with a C-terminal 3×HA tag (Figure 4B) and transfected them into L. donovani wild
type and L. donovani SENP−/− cl.1. The cells were grown to mid-logarithmic density, collected by
centrifugation and lysed in SDS sample buffer. Samples representing equal cell numbers of L. donovani,
L. donovani SENP−/−, L. donovani (3×HA-SUMO), L. donovani SENP−/− (3×HA-SUMO), L. donovani

(SUMO-3×HA) and L. donovani SENP−/− (SUMO-3×HA) were separated by SDS-PAGE, blotted and
stained with an anti-HA antibody (Figure 4C). No unspecific HA tag staining was observed for wild
type and the SENP−/−mutant. Ectopic expression of 3×HA-SUMO in the wild type background resulted
in a band corresponding to 25 kD, not the expected 16 kD of the triple-HA-tagged SUMO. The aberrant
migration of SUMO in SDS-PAGE has been described before [43] and explains the observed band.
We also observe numerous bands of higher molecular mass. Their spacing and varying intensities
does not reflect the incremental size increases expected of SUMO homoconjugates, but rather suggests
HA-tagged, SUMOylated substrate proteins. In the SENP−/− background, expression of the same
transgene resulted in a slightly larger band, presumably representing the monomeric, non-processed
3×HA-SUMO. No larger HA-tagged bands were detectable, indicating that unprocessed SUMO is
incapable of being conjugated to itself or to target proteins.
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Figure 3. Replacement of SENP. (A) Schematic representation of LdBPK_262070 replacement using the
CRISPR/Cas9 technology. SUMO-targeting sgRNAs (grey arrowheads) and replacement cassettes were
PCR-amplified and transfected into L. donovani (Cas9/T7RNAP). (B,C) RT-qPCR of RNA from L. donovani

wild type (WT), SENP−/− clones 1–4, SENP−/− cl.1[pCLN-SENP], and L. donovani (Cas9/T7RNAP).
(B) SENP-specific RT-qPCR. (C) Cas9-specific RT-qPCR. n = 2. (D) Whole genome sequencing of
L. donovani wild type (WT), L. donovani (Cas9/T7RNAP), SENP−/− cl.1 and SENP−/− cl.2. Sequence reads
were aligned to L. donovani chromosome 26. The ruler shows the position of the SENP CDS; the numbers
refer to the position within chromosome 26. Read coverage is shown in blue.
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Figure 4. SUMO processing by SENP. (A) Schematic drawing of pCL2N-3×HA-SUMO, a plasmid
for ectopic expression of SUMO with an N-terminal triple HA tag. (B) Schematic drawing of
pCL2N-SUMO-3×HA, a plasmid for ectopic expression of SUMO with a C-terminal triple HA tag.
(C) Western blot of L. donovani wild type or SENP−/− null mutants, expressing 3×HA-SUMO or
SUMO-3×HA, probed with anti-HA tag antibodies. n = 2. (D) Coomassie brilliant blue (CBB) staining
of replicate SDS-PAGE gel, serving as a loading control. The positions and masses of protein size
markers are indicated on the left. Original Western blot and gel images can be seen in Figure S1.

No HA-tagged proteins are visible when the C-terminally tagged SUMO-3×HA is expressed
in the wild type background. Expression of the same chimera in SENP−/− cells, by contrast, yields
HA-tagged SUMO. This demonstrates that C-terminal processing of SUMO depends on SENP.
We conclude that SENP is required for processing and conjugation of SUMO to itself and/or to other
proteins, and establishes C-terminal cleavage of SUMO as a critical step for SUMOylation in Leishmania.
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3.5. SENP-Dependent Processing Determines SUMO Localization

We next investigated the impact of SENP-dependent processing on the subcellular localization
of SUMO. For this, promastigotes of six strains, L. donovani wild type, L. donovani SENP−/−, L. donovani

(3×HA-SUMO), L. donovani SENP−/− (3×HA-SUMO), L. donovani (SUMO-3×HA) and L. donovani

SENP−/− (SUMO-3×HA), from logarithmic culture, were spread on glass slides, fixed and stained with
DAPI and with anti-HA tag antibody/anti-mouse AlexaFluor 594, followed by immune fluorescence
microscopy. As expected, L. donovani wild type and L. donovani SENP−/− showed no 3×HA-specific
staining (Figure 5A,D). We also did not observe a 3×HA-specific signal in L. donovani (SUMO-3×HA;
Figure 5B), likely due to the cleavage of the C-terminal 3×HA tag in wild type cells. L. donovani

(3×HA-SUMO) cells showed overlapping staining by DAPI and anti-HA tag antibody, indicating a
nuclear localization of 3×HA-SUMO in the wild type.

Figure 5. Subcellular localisation of HA-tagged SUMO. Wild type (WT) (A) or L. donovani

SENP−/− (D) cells expressing SUMO-3×HA (B,D) or 3×HA-SUMO (C,F). Cells were visualized by
differential interference contrast (DIC), DAPI staining of nucleus and kinetoplast, and mouse anti-HA
antibody/anti-mouse AlexaFluor 594. DAPI and anti-HA images were merged with 50% transparence.
Size markers (5 µm) are shown in the DIC images; nucleus (n) and kinetoplast (k) are pointed out in the
top DAPI image.
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L. donovani SENP−/− (SUMO-3×HA) and L. donovani SENP−/− (3×HA-SUMO) both showed
cytoplasmic staining. We conclude from this that (i) SENP−/− mutants cannot cleave off the C-terminal
3×HA tag (Figure 5E) and (ii) SENP-mediated cleavage of the C terminus is essential for nuclear
localization of 3×HA-SUMO. The lack of SENP therefore prevents C-terminal processing of SUMO,
preventing SUMO from attaining or maintaining a nuclear localization.

3.6. Growth Phenotypes of SENP Null Mutants

Given its critical function in SUMOylation, we tested the impact of SENP on the growth of
L. donovani at different temperatures. L. donovani, L. donovani (Cas9/T7-RNAP), SENP−/− clones 1 and 2
and the SENP−/−/+ add-back strain were seeded at low density, and growth was then monitored over
72 h. Cell densities at 72 h were normalized, with wild type L. donovani set at 100% growth. At optimal
growth conditions, 25 ◦C and pH 7.0, both SENP−/− null mutants showed a 50% reduced proliferation
compared with wild type and the Cas9-expressing strain. This growth phenotype was reversed by
ectopic SENP expression (Figure 6A). At 37 ◦C, we recorded less, but still significant growth reduction
due to the loss of SENP (Figure 6B). This may indicate that SENP function and/or SUMO conjugation is
more important at the lower temperature associated with the insect stage.

 

− −

− −

− −

 

Figure 6. In vitro growth of wild type and mutant L. donovani. Cells were seeded at 5 × 105/mL and
grown either at 25 ◦C/pH 7.0 (A) or at 37 ◦C/pH 7.0 (B) for 72 h. Final cell densities were normalized
against wild type growth (100%). Bars show the median cell growth. n = 6 (3 biol. repeats, 2 techn.
repeats each). ** = p < 0.01; * = p < 0.05 (U-test, two-sided).

We also tested the intracellular survival of SENP null mutants in mouse bone marrow-derived
macrophages and found no differences in parasite loads compared with wild type parasites (A.B. and
C.B., unpublished observations), consistent with a primary role for SENP in the promastigote stage.

4. Discussion

As a vector-transmitted parasite, Leishmania must adapt to vastly different environments, carbon sources,
and antimicrobial defense mechanisms. This must be achieved without differentially regulated RNA
synthesis [3,44,45]. Instead, Leishmania relies on modulated RNA stability [46], RNA processing [47]
and inducible translation [2,5,48] as means of short-term gene expression control. Long-term adaption
to changing environments, by contrast appears to be mediated by gene copy number variations,
either by chromosomal aneuploidy [6,7] or by amplification of genes and gene clusters [36,49,50].
A third level of gene expression control are PTMs of proteins that may activate or inhibit activities or
influence localization. Examples of PTMs are protein kinase mediated phosphorylation of threonine
and serine side chains [8,11,13]. Side chain-specific modifications can impact on protein folding or
protein–protein interactions. The covalent attachment of modifying polypeptides is another, as yet
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little understood mode of expression control in Leishmania. So far, only the impact of a ubiquitin
fold modifier (UFM1) protein was demonstrated [17,51] in L. donovani. A similar modifier, small
ubiquitin-like modifier (SUMO) was identified and characterized in Trypanosoma spp. where it is
involved in surface antigen expression and nuclear organization [18,19,52]. Here we describe the
Leishmania SUMO and SENP orthologs and characterize them by reverse genetic, biochemical and cell
biological means.

To the best of our knowledge, SUMO is an essential gene in L. donovani promastigotes. Attempts to
produce SUMO−/− null mutants by CRISPR-mediated gene editing failed while the same gene
replacement tools were successfully employed in a strain carrying ectopic SUMO copies (Figure 2D,E),
indicating that null mutants are either non-viable or non-proliferative as promastigotes in vitro.
It was shown for higher eukaryotes that the SUMO pathways are essential during differentiation
processes [53,54], but our literature search did not turn up reports of an outright SUMO gene
replacement. This is probably also due to the presence of multiple SUMO genes in mammalian
cells [55], which may confound reverse genetics approaches.

Unlike SUMO, SENP appears to be non-essential, albeit with a significant impact on promastigote
proliferation at optimal growth temperature, with a smaller effect at mammalian tissue temperatures.
Fittingly, the survival of amastigotes within mouse macrophages is unaffected by the loss of SENP.
This may indicate an important role of SENP and its clients during logarithmic growth of Leishmania

promastigotes, but less impact during the slow growth of intracellular amastigotes. Yet, with SUMO
C-terminal processing abrogated by the loss of SENP (Figure 4C) and its nuclear localization severely
reduced (Figure 5), it surprises that the effect of SENP loss is not equally deleterious as the loss of SUMO.
Strong signals for C-terminally tagged SUMO in SENP null mutants (Figures 4C and 5) argue against a
SUMO processing pathway using alternative proteases. One must therefore assume, that apart from its
role as a conjugated protein modifier, SUMO must have additional, essential functions in Leishmania.

SUMO and its processing protease, SENP, are proteins with constitutive, above-average synthesis
rates in Leishmania, indicating a need for abundance or a high turnover rate. Indeed, SUMO (LinJ.08.0480)
showed little changes of abundance during promastigote-to-amastigote differentiation in vitro [21],
and SENP (LinJ.26.2070) has a constitutive abundance too [24].

Immune fluorescence microscopy of tagged SUMO protein shows a nuclear, but not
kinetoplast localization. This localization fully depends on SENP-mediated C-terminal processing
(Figure 5). This result is in keeping with reports that show involvement of SUMO in nuclear organization
and chromosome segregation [53]. Preliminary data (A.B.), however, show no impact of a SENP loss on
the accessibility of L. donovani chromatin to micrococcal nuclease digest. This must be seen, however,
in the context of the Trypanosomatida having a divergent chromatin structure and nuclear architecture.
While the genomic DNA is assembled into 10 nm fibers of nucleosomes, these protozoa lack further
condensation of chromosomes into 30 nm solenoid fibers [56]. The function of SUMO in the nucleus
may therefore be diverged.

The affinity of HA-tagged SUMO for the nucleus is also a promising possibility to identify
SUMOylated proteins from the cytoplasm and the nucleus via immune precipitation of SUMO-target
conjugates and subsequent mass spectrometric analysis.

5. Conclusions

Leishmania parasites express proteins belonging to the SUMO protein modification pathway.
The gene coding for SUMO is essential for growth and/or viability of L. donovani promastigotes,
while the SENP processing enzyme is required for the C-terminal processing of SUMO and its nuclear
localization, but dispensable for L. donovani viability. The SENP−/− null mutants show a 60% reduced
growth at ambient temperature, but less impact at mammalian tissue temperature. No decrease of
viability during in vitro infection can be observed, indicating a primary role for SENP-dependent
SUMOylation in the fast growing promastigote stage. Additionally, the viability of SENP−/− null
mutants hints at a vital importance of as yet unknown, SENP-independent functions of SUMO.
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Abstract: The protozoan parasite Leishmania (Viannia) braziliensis (L. braziliensis) is the main cause of
human tegumentary leishmaniasis in the New World, a disease affecting the skin and/or mucosal
tissues. Despite its importance, the study of the unique biology of L. braziliensis through reverse
genetics analyses has so far lagged behind in comparison with Old World Leishmania spp. In this
study, we successfully applied a cloning-free, PCR-based CRISPR–Cas9 technology in L. braziliensis

that was previously developed for Old World Leishmania major and New World L. mexicana species.
As proof of principle, we demonstrate the targeted replacement of a transgene (eGFP) and two
L. braziliensis single-copy genes (HSP23 and HSP100). We obtained homozygous Cas9-free HSP23-
and HSP100-null mutants in L. braziliensis that matched the phenotypes reported previously for
the respective L. donovani null mutants. The function of HSP23 is indeed conserved throughout
the Trypanosomatida as L. major HSP23 null mutants could be complemented phenotypically with
transgenes from a range of trypanosomatids. In summary, the feasibility of genetic manipulation of
L. braziliensis by CRISPR–Cas9-mediated gene editing sets the stage for testing the role of specific
genes in that parasite’s biology, including functional studies of virulence factors in relevant animal
models to reveal novel therapeutic targets to combat American tegumentary leishmaniasis.

Keywords: Leishmania braziliensis; reverse genetics; CRISPR–Cas9; gene targeting; phenotyping; heat
shock proteins

1. Introduction

The protozoan parasite Leishmania (Viannia) braziliensis (henceforth: L. braziliensis) is the main
causative agent of human tegumentary leishmaniasis in Latin America. Infection with L. braziliensis

generally causes cutaneous lesions, with possible, severe, metastatic mucosal involvement, and it is
difficult to cure with the first-line pentavalent antimonial drugs [1–4]. In spite of its importance, the
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biology of L. braziliensis has not been analysed extensively, in part due to the limited set of genetic
manipulation tools developed or adapted to this species.

While Gene replacement using homologous recombination has proven a useful tool for testing gene
function in Old World Leishmania spp. [5–7], yet—to our knowledge—no gene replacement analyses
have been reported for L. braziliensis. However, a functional RNA interference (RNAi) machinery,
predicted from the L. braziliensis genome sequence [8], was corroborated experimentally [9], allowing
gene function analysis in this species [9,10]. The RNAi pathway and associated genes are absent in
species of the L. (Leishmania) subgenus such as L. major and L. donovani [9]. However, RNAi-based gene
knock-down is prone to off-target effects [11], which can confound phenotypic analyses.

Recently, the CRISPR (clustered regularly interspaced short palindromic repeats)–Cas9
(CRISPR-associated protein 9) technology is revolutionizing gene function studies in a wide range of
organisms, due to its high efficiency, precision, relative simplicity, and versatility [12]. Using this tool,
the Cas9 endonuclease can be directed to a specific genomic locus by a single guide RNA (sgRNA) to
introduce a double-stranded break (DSB) in the target DNA [13]. DSBs compromise genomic integrity
and are identified and repaired by the nuclear machinery by regulated and error-prone DNA repair
pathways [14], and homologous donor DNA templates may be inserted introducing defined changes
into the DNA near the DSB as part of the repair process [15].

CRISPR–Cas9-mediated gene targeting and gene editing (e.g., to generate point mutations, or add
tags to endogenous genes) have been successfully developed and applied in kinetoplastids, including
Trypanosoma cruzi [16], T. brucei [17,18], and several species of Leishmania [17,19–24], with the notable
exception of New World L. (Viannia) species. This new technology has greatly improved the efficiency of
gene targeting in Leishmania spp. over traditional homologous recombination-based gene replacement.

First, CRISPR–Cas9 allows the rapid generation of gene deletion or gene disruption mutants in
the promastigote stage (within 1–2 weeks depending on the species); thus minimising the occurrence
of compensatory adaptations in the parasites [21,25]. This is particularly the case when a gene required
for optimal in vitro survival and/or growth is targeted [26], since Leishmania have the remarkable ability
to adapt to environmental changes by chromosome copy number variations [27,28]. Second, the
generation of CRISPR-derived null mutants is facilitated by the use of donor DNA repair cassettes
(containing antibiotic selection markers) flanked by short homology arms targeting the gene of interest
(GOI), in a single transfection [17,29]. Third, both single and multigene families can be targeted with
this system [16,30], and it even allows simultaneous editing of multiple loci [24,30], as well as the
identification of essential genes [20,30,31]. CRISPR gene editing also allows for in situ addition of
flanking loxP sites to a gene of interest and the subsequent rapamycin-inducible gene deletion by
dimerisable Cre (DiCre) recombinase [32,33]. This facilitates deletion of essential genes and observation
of the cell biological and morphological effects on living cells in a time-dependent manner.

In the absence of a donor DNA repair template, Leishmania use microhomology-mediated
end-joining (MMEJ) or single-strand annealing (SSA) to repair DSBs, both of which lead to deletions of
various sizes that disrupt the targeted gene [20,30,31]. These DSB repair pathways (MMEJ and SSA)
have a generally low efficiency in Leishmania, and SSA may result in unwanted deletions of adjacent
genes [31]. Transfections of a donor DNA template to facilitate homology-directed repair significantly
improves CRISPR–Cas9 gene targeting efficiency and specificity, and eases the identification of
CRISPR-edited mutants in Leishmania [17,19,20,30,31].

In this study, we establish the CRISPR–Cas9 technology as an experimental tool for reverse
genetics in L. braziliensis facilitating the generation of null mutants and the analysis of gene function in
this important human pathogen. We applied a cloning-free, PCR-based CRISPR–Cas9 method that
was used successfully in Leishmania mexicana, L. major, L. donovani, and Trypanosoma brucei for rapid
and precise gene editing [17,21]. As a proof of principle, we first targeted an integrated transgene
coding for enhanced green fluorescent protein (eGFP) and then replaced two single-copy genes of
L. braziliensis encoding heat shock proteins HSP23 and HSP100. In addition, we show that functions of
these genes are conserved in the Viannia subgenus of Leishmania.
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2. Materials and Methods

2.1. Leishmania Strains and Culture

Promastigotes of the Peruvian L. braziliensis strain PER005 (MHOM/PE/01/LH2182(PER005)) [34]
clone 2 (clone originally derived from a clinical isolate), L. donovani 1S (MHOM/SD/62/1S) [35], L. major

5-ASKH (MHOM/SU/73/5-ASKH) [36], and their genetically modified derived lines reported in
this study were routinely grown at 25 ◦C in monophasic M199 medium (Sigma-Aldrich, München,
Germany) supplemented with 20% heat-inactivated fetal calf serum (Sigma-Aldrich), 10 mg/L hemin,
100 µM adenine, 5 µM 6-biopterin, 40 mM HEPES (pH 7.4), 2 mM L-glutamine, 100 units/ml penicillin
and 100 µg/mL streptomycin (hereafter referred as complete M199 medium) [37,38]. Cultures were
subcultured to fresh medium every 3–4 days. Appropriate selection drugs were added to the medium
when necessary as indicated below. The isolation and use of ex vivo macrophage progenitor cells
from mice was duly registered with the Animal Protection Authority of the State of Hamburg and in
accordance with the German Animal Protection Law.

2.2. Promastigote Cultivation

Promastigotes were grown in complete M199 medium in 25 cm2 cell culture flasks. Cell density
was monitored using a CASY® Cell Counter and Analyzer (Roche, Mannheim, Germany).

2.3. Transfections, Selection, and Cell Cloning

Electrotransfection of circular DNA was performed using a Bio-Rad Gene Pulser apparatus and
electroporation conditions as described [39]. Briefly, promastigotes grown to mid-log phase were
harvested by centrifugation (1251 g, 10 min, 4 ◦C), washed twice with ice-cold phosphate-buffered
saline (PBS), once in pre-chilled electroporation buffer, and suspended in electroporation buffer at a
density of 1 × 108 parasites/mL.

For the generation of double allele replacements and for the integration of linearised DNA
constructs, cells were transfected following the Amaxa protocol as described previously [17,40].
Briefly, 1 × 107 promastigotes grown to mid- to late-log phase were harvested by centrifugation at
1251 g for 10 min (at RT), washed once with 1 × Tb-BSF electroporation buffer (90 mM NaHPO3,
5 mM KCl, 0.15 mM CaCl2, 50 mM HEPES, pH 7.3) [41] at RT, and suspended in 150 µL electroporation
buffer per transfection. For gene editing, the cell suspension was mixed with the pooled unpurified
PCR amplicons for the two single-guide RNA (sgRNA) templates and two donor DNAs (combined
volume approximately 100 µL, heat-sterilised at 94 ◦C for 5 min before transfection) in a total volume
of 250 µL. For integration of transgenes into the 18S SSU rRNA locus, cells were mixed with 2 µg
of the SwaI-linearised DNA construct. Electroporation was performed in a 0.2 cm gap Gene Pulser
electroporation cuvette (Bio-Rad, München, Germany) using one pulse with program X-001 in the
Amaxa Nucleofector IIb device (Lonza, Basel, Switzerland). A mock transfection control without DNA
was included to check the real transfection efficiency.

Following electroporation, cells were immediately transferred into 5 mL drug-free pre-warmed
complete M199 medium in 25 cm2 cell culture flasks. After parasite recovery at 25 ◦C for 16–20 h,
the selection antibiotics were added at the indicated strain-specific concentrations. Nourseothricine
(ClonNat, at 150 µg/mL for all parasite species; Werner BioAgents, Jena, Germany), hygromycin B
(at 50 µg/mL for all parasite species; Roth, Karlsruhe, Germany), bleocin (at 5 µg/mL; Calbiochem,
San Diego, CA, USA). Additionally, blasticidin (at 10 µg/mL for L. donovani and L. major; at 2.5 µg/mL
for L. braziliensis; Roth, Karlsruhe, Germany) and puromycin (at 25 µg/mL for L. donovani and L. major;
at 10 µg/mL for L. braziliensis; Sigma-Aldrich, München, Germany) were used to select for integration
of the donor gene fragments. For L. braziliensis, double drug-resistant cell populations with the
intended gene replacements were first selected at a lower selection pressure as indicated until they
emerged in culture (about 2–3 weeks), followed by an increase in the selection pressure (at ~IC99.7:
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5 µg/mL blasticidin; ~IC96: 20 µg/mL puromycin) to allow discrimination with the mock-transfected
control cultures.

For cloning by limiting dilution, exponential log-phase cultures of the candidate L. braziliensis

HSP23- and HSP100-null mutants were seeded in complete M199 medium at 0.5 cells per well in
two 96-well microtitre plates, as described previously [39]. After 14 days, monitoring of wells for
promastigote growth by light microscopy was started and continued until growth-positive wells were
observed. The contents of positive wells were seeded into 2 ml complete M199 medium maintaining
the drug pressure (blasticidin and puromycin at ~IC96–IC99.7) in 25 cm2 cell culture flasks to expand the
culture. Each population that emerged from an individual well was considered an individual clone.

2.4. Construction and Preparation of Recombinant DNA

HSP23-encoding genes of different kinetoplastid species including L. donovani (LdBPK_340230),
L. major (LmjF.34.0210), L. infantum (LinJ.34.0230), L. braziliensis (LbrM.20.0220), Trypanosoma brucei

(Tb927.10.2620), were amplified from species-specific genomic DNA using primer pairs that introduce a
KpnI and a BclI or BamHI (for L. infantum only) restriction sites (Table S1). Fragments were subsequently
ligated into the Leishmania expression plasmid pCL1S [42] previously digested with KpnI and BglII.

2.5. PCR-Amplification of Targeting Constructs

For gene disruption in L. braziliensis, PCR amplification of sgRNA templates (using a common
sgRNA scaffold primer) and of donor DNAs, the latter from pTBlast and pTPuro plasmids [17],
was done using the ExpandTM High Fidelity PCR System (Roche, Mannheim, Germany) and PCR
conditions as described [40].

For gene disruption in L. major, sgRNA templates were amplified in a total volume of 20 µL using
1 × iProof high-fidelity PCR master mix (Bio-Rad, München, Germany), 2 µM G00 primer (sgRNA
scaffold) and 2 µM LmHSP23-specific 3’sgRNA or 5’sgRNA primer (Table S1). Cycling conditions were
30 s at 98 ◦C followed by 35 cycles of 10 s at 98 ◦C, 30 s at 55 ◦C, 15 s at 72 ◦C, and a final elongation
step of 10 min at 72 ◦C. The targeting fragments were amplified from 10 ng pTPuro or pTBlast plasmid
in 1 × iProof mix (Bio-Rad) using 2 µM forward and reverse primers, 3% DMSO in a total volume of
25 µL. PCR steps were 3 min at 98 ◦C followed by 35 cycles of 30 s at 98 ◦C, 30 s at 65 ◦C, 30 s at 72 ◦C,
and a final elongation step of 5 min at 72 ◦C.

2.6. Analytical PCR

To screen for target-gene disruption in drug-resistant transfectant cell lines, genomic DNA was
isolated from non-clonal populations of eGFP-deletion mutants and analysed by PCR. Genomic DNA
was isolated using ISOLATE II Genomic DNA Kit (Bioline, Luckenwalde, Germany).

To test for the presence of the eGFP ORF and integration of the drug-resistance genes (BSD,
blasticidin-S deaminase; and PAC, puromycin N-acetyltransferase) in the eGFP mutants, 1 µL of
isolated DNA was mixed with 1 × iProof high-fidelity PCR master mix (Bio-Rad), 0.4 µM each forward
and reverse primers, and 12% DMSO in a 25.5 µL total volume. In parallel, a technical control PCR
(to demonstrate the presence of DNA in the analysed samples) was performed by amplifying a fragment
from the L. donovani HSP23 or L. braziliensis actin ORFs. PCR steps were 3 min at 98 ◦C followed by
30 cycles of 30 s at 98 ◦C, 30 s at 60 ◦C, 30 s at 72 ◦C followed by a final elongation step for 5 min at
72 ◦C.

The Leishmania wild-type and parental cell lines were included as controls. 10 µL of each PCR
reaction was run on a 1% agarose gel to check for the presence of the expected product. The list of
primer pairs used is given in Table S1.
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2.7. RNA Extraction, cDNA Synthesis, and Quantitative Real-Time PCR (qRT-PCR)

qRT-PCR was performed essentially as described [43]. Total RNA was isolated from 5 × 107

parasites using the InviTrap spin cell RNA mini kit (STRATEC Molecular GmbH, Berlin, Germany)
according to manufacturer’s instructions. First strand cDNA synthesis was performed using a mix
of oligo-dT and random primers (QuantiTect Reverse Transcription kit, Qiagen, Hilden, Germany)
following the manufacturer’s protocol. Real-time qPCR reactions were performed in a 20 µL-reaction
mixture consisting of 1 µL of cDNA sample, 0.5 µM each gene-specific forward and reverse primers,
and 1 × DyNAmo Color Flash SYBR Green Master Mix (Thermo Fisher Scientific, Waltham, MA, USA).
The primers used for amplification of the target and reference genes are listed in Table S1. Reactions
were run on a Rotor-GeneTM RG 3000 Instrument (Corbett, Sydney, Australia) using the following
thermal cycling conditions: an initial denaturation step at 95 ◦C for 7 min, followed by 35 cycles at
95 ◦C for 15 s, 69 ◦C for 20 s, and 71 ◦C for 30 s. After PCR amplification, a step at 95 ◦C for 1 min
was included, followed by a melting curve analysis (67–95 ◦C, hold 60 s on the first step, hold 8 s
on next steps). Data collection and analysis were performed with the Rotor-Gene real-time analysis
software 6.1.81 (Corbett, Sydney, Australia). The normalised expression ratio was calculated using the
2–∆∆Cq method [44].

2.8. Next Generation Sequencing

DNA library construction, next generation sequencing and data analyses were performed as
described [45]. Paired sequence data were aligned against a novel long-read assembly of the L. braziliensis

M2904 reference genome [46].

2.9. Western Blotting

Western blots were performed following established protocols [38,47].

2.10. Immunofluorescence Assays

Indirect immunofluorescence microscopy was performed as described [48].

2.11. Flow Cytometry Cell Analysis

For GFP quantification, 2 × 106 parasites were harvested (1251 g, 10 min, 4 ◦C), washed once in
PBS, fixed in 4% paraformaldehyde in PBS for 20 min at RT, washed twice in PBS, resuspended in
150 µL PBS, and immediately analysed by flow cytometry. The Cas9–GFP-expressing parental cell lines
served as positive controls. The Cas9-expressing lines, which were negative for GFP, were included as
negative controls to assess background fluorescence. Flow cytometric measurements were performed
with the AccuriTM C6 flow cytometer (BD Biosciences, Heidelberg, Germany). A total of 30,000 events
were recorded and analysed with FlowJoTM software V 10 (Becton, Dickinson and Company, Ashland,
OR, USA).

2.12. In Vitro Infection of Murine Bone Marrow-Derived Macrophages

In vitro infections and parasite load quantification were performed as described [49–51].

2.13. In Silico Procedures

In silico cloning, DNA and protein sequence analysis were performed using the MacVector
software version 17.x (Mac Vector, Cambridge, United Kingdom). Post-acquisition processing of
images was performed using the ImageJ Fiji Software (Version 2.0.0, https://fiji.sc). Composite figures
for publication were prepared using the Intaglio software (Purgatory Design, Durango, CO, USA).
Numerical data and statistical differences were analysed using Prism (version 8, GraphPad Software,
San Diego, CA, USA). Statistical comparisons between groups in the promastigote growth experiments
were conducted using one-way analysis of variance (ANOVA)/Kruskal–Wallis test with Dunn’s post
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test. For comparison of intracellular parasite survival within macrophages, a ratio-paired, one-sided
Student’s t-test was applied to offset the variability between primary cell populations. Differences were
considered significant at p < 0.05.

In silico design of primers to generate sgRNA templates and donor DNA was performed essentially
as described [40]. Guide RNA sequences were designed using the Eukaryotic Pathogen CRISPR gRNA
Design Tool (EuPaGDT, available at http://grna.ctegd.uga.edu) [52], using the default parameters
(SpCas9: 20 nt gRNA length; PAM: NGG on 3’ end; off-target PAM: NAG, NGA). In addition,
two guide RNA sequences targeting eGFP (eGFP-52-5’sgRNA and eGFP-553-5’sgRNA) were retrieved
from the Addgene repository (deposited as gRNA1 and gRNA2 by Guigo, Johnson; available at
https://www.addgene.org/search/all/) as they had been experimentally validated for use in CRISPR
experiments. Target-specific sgRNA primers were then designed manually and contained the T7
promoter (for T7 RNA polymerase-driven in vivo transcription of the sgRNA), the 20 nt sgRNA target
sequence, and a sequence complementary to the sgRNA scaffold [17].

To generate gene replacement mutants, target-specific sgRNA primers were produced at
http://www.leishgedit.net [17] (for whole GOI disruption) or designed manually (for partial
GOI disruption). Donor DNA primer sequences contained target-specific 30 nt homology flanks
corresponding to sequences immediately adjacent to the sgRNA target sequence for DSB-mediated
repair by homologous recombination and recognition sequences for the pT template plasmids and
were generated at http://www.leishgedit.net (for whole GOI disruption) or designed manually (for
partial GOI disruption).

Since the sgRNA and donor DNA sequences identified using the EuPaGDT and LeishGEdit
online tools used the L. braziliensis reference genomes (M2904 and M2903) available in TriTrypDB
(https://tritrypdb.org/tritrypdb/), we verified the specificity of each sgRNA and homology flanks
(donor DNA) by alignment against the L. braziliensis PER005cl2 genome [46] (focussing on chromosomes
20 and 29 which harbour the genes of interest) using the MacVector™ software ( Mac Vector, Cambridge,
United Kingdom).

Oligonucleotides were ordered from Sigma-Aldrich (München, Germany). See Table S1 for a list
of all primers.

3. Results

3.1. Optimisation and Validation of the CRISPR-Cas9 System in L. braziliensis

To test the feasibility and efficiency of sgRNA-guided, Cas9-mediated gene editing in L. braziliensis,
we first targeted an integrated transgene coding for green fluorescent protein (eGFP). To this end,
we generated a stable cell line of L. braziliensis expressing Cas9 and T7 RNAP from an episome (pTB007).
The eGFP coding sequence was fused into the pIR-mcs3+ plasmid [53], and the linearised plasmid
was transfected into L. braziliensis, leading to integration into the small subunit rRNA (18S) coding
sequence (Figure 1A).

We confirmed the expression of Cas9 protein by Western blot analysis (Figure S1A) and
the detection of T7RNAP mRNA by qRT-PCR (Figure S1B). To better assess the efficiency of
CRISPR–Cas9-mediated gene editing in L. braziliensis, we included Old World L. donovani strain 1S for
comparative purposes, since the latter has long been used as a model for homologous recombination
and genetic complementation in our laboratory.
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Figure 1. CRISPR–Cas9-mediated disruption of eGFP gene as proof-of-principle test in L. braziliensis.
(A) Generation of Cas9–eGFP-expressing parasites. Left panel: plasmid pTB007 [17] bearing hSpCas9

and T7 RNAP transgenes was transfected as circular episome into L. braziliensis PER005cl2 wild-type
parasites. Transfectants were selected under Hygromycin B pressure. Right panel: schematic depiction of
the double cross-over homologous recombination strategy to integrate the linearised pIR–eGFP construct
into the SSU rRNA locus of L. braziliensis Cas9-expressing parasites. Regions shown are the SSU rRNA
sequences on either ends resulting from SwaI restriction digest, the eGFP ORF, and the nourseothricine
resistance gene ORF (SAT, encoding streptothricin-acetyltransferase). (B) Schematic representation of
the eGFP locus and locations of the six 20-nt guide RNA sequences used for gene disruption; the guide
sequence pairs with the DNA target (blue bar), directly upstream of a requisite 5’-NGG-3’ adjacent
motif (PAM). The green arrowhead indicates the predicted Cas9 cleavage sites. Only the coding strand
is shown. Binding sites of primers used for genotyping of genetically engineered parasites are denoted
by arrows. The PCR fragment size depended on the pair of single guide RNAs (sgRNAs) tested.
Sets of sgRNAs tested: set 1 = eGFP-52-5’sgRNA and eGFP-253-3’sgRNA; set 2 = eGFP-52-5’sgRNA
and eGFP-612-3’sgRNA; set 3 = eGFP-52-5’sgRNA and eGFP-639-3’sgRNA; set 4 = eGFP-553-5’sgRNA
and eGFP-639-3’sgRNA; set 5 = eGFP-378-5’sgRNA and eGFP-612-3’sgRNA; set 6 = eGFP-378-5’sgRNA
and eGFP-639-3’sgRNA. (C) Flow cytometry analysis of eGFP–Cas9-expressing parasites before and
after transfection of eGFP-targeting sgRNAs. Efficiency of eGFP disruption using 6 different sets of
sgRNAs in L. donovani (left panel) and L. braziliensis (right panel) as quantified by GFP expression.
Each set of two sgRNAs was co-transfected with two donor DNAs; transfections were done in triplicate.
Sets of sgRNAs tested (labelled as set 1 to 6 in the graphs) consisted of pairs as described in Figure 1B.
P, parental cell line Cas9/T7/eGFP. The gating scheme, a representative histogram, and all FACS plots
showing the percentage of GFP-positive cells are shown in Supplemental Figures S2 and S3.
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The L. braziliensis and L. donovani parental cell lines (Cas9/T7/GFP) were co-transfected with
a pair of eGFP-targeted sgRNAs and corresponding donor DNA cassettes (i.e., homologous repair
templates) to facilitate homology-directed repair [54,55]. Six different sets of dual sgRNAs and donor
DNAs (Figure 1B; Table S1) were tested in triplicate. Transfectants were subjected to blasticidin and
puromycin drug selection. At this point, drug selection (hygromycin B) for maintenance of the pTB007
episome encoding Cas9 and T7 RNAP and nourseothricine selection for the integrated pIR-mcs-eGFP

were stopped.
In L. donovani 1S, the antibiotic selection pressure with the drug-selectable markers was kept

constant throughout the selection period (10 µg/mL blasticidin, 25 µg/mL puromycin), following the
optimised conditions established previously for this parasite strain in our group (data not shown).
Survival of L. donovani double drug-resistant transfectants became apparent 6–10 days after transfection.
Transfectants with eGFP-targeted sgRNAs set 5 and set 6 were the first to emerge in culture (6 and
9 days after transfection, respectively). Candidate eGFP replacement populations were passaged at
least twice before analysing the gene disruption outcome by flow cytometry. Each of the 6 pairs of
sgRNAs resulted in highly efficient reduction of GFP expression (Figure 1C, left panel; Figure S2).
PCR analysis of genomic DNA with primers amplifying the entire eGFP ORF showed no detectable
band corresponding to the eGFP transgene in all selected L. donovani lines, but bands of higher size
appeared, indicating the integration of the donor repair cassettes (Figure S4B, left panel), as expected
(Figure S4A). This was verified with BSD and PAC gene-specific primers (Figure S4B, left panel) and
confirmed the high efficiency of CRISPR–Cas9-mediated eGFP disruption in L. donovani.

In L. braziliensis PER005cl2 we first established the suitable concentrations of antibiotic selection
through titration curves for 7 days (Figure S5). On this basis we decided to subject the parasites at first to
the lowest concentrations of antibiotics that had a growth inhibitory effect, i.e., blasticidin at 2.5 µg/mL
(~IC85) and puromycin at 10µg/mL (~IC65). The first L. braziliensis drug-resistant transfectants to emerge
in culture, as in L. donovani, were those transfected with eGFP-targeted sgRNAs set 5 (12–14 days after
transfection) and set 6 (14 days after transfection). Transfectants with the other eGFP sgRNA sets (1, 2, 3
and 4) emerged 18–22 days after transfection. Candidate eGFP replacement populations were passaged
at least twice and then analysed by flow cytometry as non-clonal populations. By flow cytometric
analysis, sgRNAs sets 5 and 6 were the most efficient to abrogate the eGFP expression (0.02–4.30%
GFP-positive cells), whereas sgRNA set 3 was slightly less efficient (0.69–11.4% GFP-positive cells).
The sgRNAs sets 1, 2 and 4 were the least efficient (2.91–47.00% GFP-positive cells) (Figure 1C, right
panel; Figure S3). Genomic DNAs from these parasite populations were examined by PCR confirming
a complete loss of the eGFP transgene only in three selected L. braziliensis lines (eGFP-null mutants 5.1,
5.3 and 6.3) (not shown), which were transfected with the most potent sgRNAs, sets 5 and 6. For the
other selected L. braziliensis lines, a band corresponding to the unmodified eGFP gene was still detected
with varying intensities (Figure S4, right panel, for eGFP mutants 3.1, 3.2, and 3.3). PCR analysis with
eGFP gene-specific primers also showed bands of higher size indicating the integration of the donor
repair cassettes in the L. braziliensis eGFP mutants (Figure S4B, right panel), as expected (Figure S4A).
While the blasticidin replacement cassette was confirmed to be integrated in all L. braziliensis selected
lines by PCR analysis with BSD-specific primers (Figure S4B, right panel), the puromycin replacement
cassette was detected in twelve out of 18 selected L. braziliensis lines, as assessed using PAC-specific
primers (Figure S4B, right panel). This outcome reflected the moderate antibiotic selective pressure
used to generate the L. braziliensis eGFP mutants.

At day 35 after transfection of the L. braziliensis Cas9/T7/eGFP parental cell line, inspection of the
two L. braziliensis mock-transfected controls showed minimal growth. To impose a more stringent dual
antibiotic selection, the mock cultures and selected eGFP mutants were passaged in complete M199
medium with blasticidin at 5µg/mL (~IC99.7) and puromycin at 20µg/mL (~IC96). The mock-transfected
cultures succumbed to the antibiotic pressure within 4 days, while the eGFP mutant populations
proliferated. This double antibiotic selection regimen was used in all subsequent experiments.
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3.2. CRISPR–Cas9-Mediated Disruption of Endogenous HSP23 and HSP100 Genes in L. braziliensis

Next, we tested the applicability of the PCR-based CRISPR–Cas9 method on two endogenous,
single-copy genes of L. braziliensis encoding the heat shock proteins HSP23 and HSP100. Both genes
were successfully replaced in Old World Leishmania spp, using homologous recombination, giving rise
to conditional phenotypes [47,56,57]. Previous work in L. donovani showed that HSP23 null mutants are
sensitive to temperature and chemical stresses. In L. major and L. donovani, ∆clpB (HSP100) null mutants
showed loss of virulence in vitro and in vivo. We sought to replicate those findings in L. braziliensis to
assess the practical application of CRISPR–Cas9-mediated genetic manipulation in this parasite species.
First, we tested the fitness of L. braziliensis (Cas9/T7) cells by in vitro growth analysis (Figure S1C) and
found slightly increased proliferation compared with wild type cells, thus excluding overt, detrimental
effects of Cas9 expression.

For disruption of each targeted GOI, the L. braziliensis Cas9/T7 parental cell line was transfected
in parallel with four different sets of sgRNAs and donor DNAs (see Table S1 for nucleotide
sequences). Double drug-resistant cell populations for both targeted genes emerged in culture
at day 18 post transfection, and were then subjected to a higher drug selection pressure, as established
for eGFP deletion.

3.2.1. LbrHSP23 Gene Replacement

Three pairs of sgRNAs targeted different sites within the LbrHSP23 ORF (Figure 2A), while a fourth
pair of sgRNAs was designed to create DSBs upstream and downstream of the GOI coding region for
whole-gene deletion (not shown). Putative HSP23-null mutants were obtained with sgRNAs sets 1 and
2 (Figure 2A), both of which disrupted the alpha-crystallin domain of HSP23, a conserved signature
feature of the small heat shock protein family [58]. Transfection with sgRNAs set 3, which targeted
the C terminal part of LbrHSP23, did not generate viable cells after double selection. No LbrHSP23

whole-gene deletion mutants could be obtained with sgRNAs set 4, either. Later analysis revealed a
one-base pair mismatch between primer P4-LbrHsp23–3’sgRNA (Table S1) and the L. braziliensis strain
PER005 HSP23 gene, explaining the lack of success for sgRNA set 4.

From the transfections with sgRNAs sets 1 and 2, three cell populations emerged: one with set
1 at day 18 post-transfection, and two with set 2, at day 18 and 25 post-transfection, respectively.
From these three populations, clones were raised and expanded. Three clones were then subjected to
whole genome sequencing: HSP23–/– cl.1 and cl.2, from transfection with sgRNAs set 2; and HSP23–/–

cl.3, derived from the transfection with sgRNAs set 1. NGS analysis verified a lack of sequence reads
for the targeted gene regions (Figure 2B), confirming site-specific disruption of the LbrHSP23 ORF.
Moreover, the precise integration of both drug-resistance cassettes in these HSP23–/– mutant clones
was also verified (Figure S6). Western blot analysis using specific antibodies [47] failed to detect
HSP23 protein in the HSP23–/– mutants (Figure 2C), confirming the null mutants on the genomic and
proteomic levels.
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Figure 2. CRISPR–Cas9-mediated disruption of the endogenous HSP23 gene in L. braziliensis.
(A) Schematic representation of the LbrHSP23 locus depicting the locations of 20-nt guide sequences
that worked efficiently to disrupt the LbrHSP23 ORF. Two sets of sgRNAs were tested (set 1 and set
2): set 1 = LbrHSP23-70-5’sgRNA and LbrHSP23-171-3’sgRNA; set 2 = LbrHSP23-183-5’sgRNA and
LbrHSP23-323-3’sgRNA. Both pairs are designed to disrupt the conserved functional alpha-crystallin
domain of HSP23 (amino acid positions 6–104). The guide sequence pairs with the DNA target (blue bar)
directly upstream of a requisite 5′–NGG–3′ adjacent motif (PAM). The green arrowhead indicates the
predicted Cas9 cleavage sites. Only the coding strand sequence is shown. (B) NGS analysis of the
HSP23 locus after CRISPR–Cas9-mediated gene replacement. Genomic DNA of L. braziliensis PER005cl2
wild-type parasites (WT), the parental cell line WT [Cas9] and HSP23–/– mutant clones was isolated and
subjected to NGS analysis. Resulting NGS reads were aligned to the HSP23 gene locus (LbrM.20.0220)
in the L. braziliensis M2904 reference genome using the Bowtie 2 algorithm. The read coverages (Y-axis)
for the gene locus are shown in blue. The arrow represents the position and direction of the coding
sequence. The X-axis numbering refers to the nucleotide position (bp) on chromosome 20. Grey-shaded
areas denote lack of aligned reads. (C) Verification of HSP23 gene replacement by Western blot analysis.
1 × 107 cells of WT, WT [Cas9], and of 3 HSP23–/– clones were lysed and the cell lysates were analysed by
SDS-PAGE and Western blot using anti-HSP23 (1/500, lower panel). Anti-HSP100 (1/1000, upper panel)
was used as loading control. MW =Molecular weight in kilodalton.
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3.2.2. LbrHSP100 Gene Replacement

sgRNA selection and replacement of the LbrHSP100 gene were done following the same strategy.
We obtained putative LbrHSP100-null mutants with sgRNAs set 3, targeting sequences in the N terminus
of LbrHSP100 ORF and set 4, targeting 5’ and 3’ non-coding sequences flanking the ORF for whole-gene
deletion (Figure 3A). One cell population each emerged from the transfections and gave rise to multiple
clones. Two HSP100–/– clones obtained with sgRNAs sets 3 and 4, respectively, were then selected for
further genetic and phenotypic characterisation. NGS analysis indeed confirmed the target-specific
disruption of the LbrHSP100 ORF and the on-target integration of both drug resistance cassettes at the
predicted genomic sites for both HSP100–/– mutants (Figure 3B; Figure S7). Western blot analysis using
HSP100-specific antibodies [38] confirmed the lack of HSP100 in both mutants (Figure 3C).

Figure 3. CRISPR–Cas9-mediated disruption of the endogenous HSP100 gene in L. braziliensis.

(A) For targeting LbrHSP100 (LbrM.29.1350), two sets of sgRNAs tested (set 3 and set 4) worked
efficiently. sgRNAs set 3 (LbrHSP100-513-5’sgRNA and LbrHSP100-712-3’sgRNA) targeted disruption
of the LbrHSP100 ORF in the N terminus. sgRNAs set 4 targeted 5’ and 3’ non-coding flanking
sequences for LbrHSP100 whole-gene deletion. Two cloned L. braziliensis HSP100–/– lines were studied,
HSP100–/– cl.1 and HSP100–/– cl.2, derived from transfection of set 3 or set 4 of LbrHSP100-targeting
sgRNAs, respectively. (B) Whole genome sequencing of HSP100-null mutant lines. Sequence reads
from each analysed strain were aligned to the reference DNA sequence consisting of chromosome 29
of L. braziliensis M2904 reference genome using Bowtie 2 software. The Y-axis represents the number
of reads and the X-axis shows the nucleotide position (bp) on chromosome 29. Grey shaded areas
denote complete lack of aligned reads. (C) Verification of HSP100-null mutants by Western blot
analysis using anti-HSP100 (1/1000) antibody. Anti-HSP23 antibody (1/500) served as loading control.
MW =Molecular weight in kilodalton.
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To assess the fate of the Cas9/T7 construct (pTB007 episome) in the CRISPR-derived null mutants,
we analysed Cas9 expression on the mRNA and protein levels by qRT-PCR and Western blot, respectively.
Cas9 protein was undetectable in the three HSP23–/– and two HSP100–/– mutant clones (Figure S8A,B),
alleviating concerns over phenotypic, off-target Cas9 effects.

3.3. L. braziliensis HSP23- and HSP100-Null Mutant Phenotypes Resemble Those Described for Old World
Leishmania

For the phenotype analysis, we first attempted to create gene add-back parasites for both null
mutants. In the HSP23–/– mutants, we introduced the LbrHSP23 transgene for integration into the 18S
SSU rRNA locus, using the pIRmcs3+ vector [53], or as episome, using the over expression plasmid
pCL1S-LbrHSP23. To generate the HSP100 add-back cell lines, the HSP100–/– mutants were transfected
with the pIRmcs3+ vector harbouring LbrHSP100 for genomic integration. Despite several attempts
with different experimental conditions (data not shown), we could not generate any of the intended
gene add-back cell lines. We suspect that the selection marker gene, coding for streptothricine N-acetyl
transferase (SAT), was not stably expressed, possibly due to the known RNAi activity in L. braziliensis [9].
Ectopic gene expression from integrated and episomal transgenes is unpredictable in L. braziliensis

(V.A., unpublished observations, and [59]).
We nevertheless proceeded to test the growth phenotypes of the L. braziliensis HSP23–/– and

HSP100–/– null mutants under various in vitro growth conditions compared with the wild-type and
with Cas9-expressing cells. Cell density on day 4 (stationary phase) was analysed and displayed as
percentage of growth relative to the wild type (set at 100%). Under optimal in vitro growth conditions
for promastigotes (25 ◦C, pH 7.4), the L. braziliensis PER005cl2 wild-type strain achieved a median
24.9-fold growth (2.49 × 107 cells/ml). Two HSP23–/– null mutants, HSP23–/– cl.2 and HSP23–/– cl.3,
grew at rates similar to the wild type (median relative growth: 85.0% for HSP23–/– cl.2 and 93.4%
for HSP23–/– cl.3; Fig. 4A). HSP23–/– cl.1 displayed a 20% elevated proliferation, similar to the
Cas9-expressing cells. The HSP100-null mutants showed proliferation rates (median relative growth:
86.1% for HSP100–/– cl.1 and 81.8% for HSP100–/– cl.2) comparable to those of the wild type (Figure 4A).
Therefore, we see no growth phenotype for HSP23–/– and HSP100–/– null mutants under optimal culture
conditions. This is in keeping with earlier findings about the significance of HSP100 and HSP23 in the
promastigote [47,56]. Stable Cas9 expression from the pTB007 episome increased the growth rate of
L. braziliensis promastigotes at 25 ◦C (Figure S1C), leading to a higher cell density in late-log phase
(day 3; p = 0.004, U test) and in stationary phase (day 4; p = 0.015, U test) compared to the wild-type
parasites, likely reflecting a positive effect on cell proliferation, similar to previous observations [21].

Next, we repeated the analysis at 30 ◦C, the upper temperature limit for L. braziliensis growth
in vitro [60]. Proliferation of the L. braziliensis PER005cl2 wild-type strain was slowed considerably at
30 ◦C, reaching a median of 4.9 × 106 cells/ml at day 4 (4.9-fold growth). The L. braziliensis HSP23–/–

null mutants, particularly HSP23–/– cl.2 and HSP23–/– cl.3, were sensitive to the 30 ◦C cultivation
temperature and did not proliferate (Figure 4B). This temperature-sensitive phenotype is in line with
previous work with L. donovani HSP23–/– null mutants [47]. We also tested the cell integrity of the
L. braziliensis HSP23–/– null mutants at 30 ◦C. As shown by immunofluorescence microscopy (Figure 4C),
all three L. braziliensis HSP23-null mutants showed abnormally rounded, swollen and irregular shapes,
and formed cell aggregates indicating cellular damage. These changes were not observed in the
control cells, L. braziliensis wild type and Cas9-expressing cells, which presented as individual, well
defined cells.
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Figure 4. Phenotypic analyses of L. braziliensis HSP23–/– and HSP100–/– clones. For growth curves,
promastigotes of WT, WT (Cas9), HSP23–/– clones, and HSP100–/– clones were seeded at a density of
1 × 106 parasites/mL into 5 ml of complete M199 medium and grown for 4 days. Cell density was
measured on day 4 and is shown as a percentage of WT cell density (set at 100%). Parasites were
grown at 25 ◦C (A) and 30 ◦C (B). The HSP23–/– clones incubated for 4 days at 30 ◦C were also
stained with mouse anti-tubulin antibody (1/4000) and DAPI (1/50) (C). Images were taken on an
EVOS FL Auto Cell Imaging System and processed using the ImageJ Software (https://fiji.sc). Scale bar:
10µm. Additional cultures were grown at 25 ◦C and pH 7.4 with the addition of 2% ethanol (D).
The horizontal black lines in panels A, B, and D indicate the median of 6 biological samples from
3 separate experiments. Significance was tested using the Kruskal–Wallis test; * p < 0.05, ** p < 0.01,
*** p < 0.001. (E) Primary mouse bone-marrow-derived macrophages were differentiated and infected
with stationary-phase promastigotes of WT, WT [Cas9], HSP23–/– clones, and HSP100–/– clones at a
MOI of 1:8 (macrophage-to-parasite ratio). After 4 h, free parasites were washed away and the infected
macrophage cultures were further incubated at 34 ◦C under 5% CO2 for 44 h. Genomic DNA from
Leishmania-infected macrophages was isolated at 4.5 h and at 48 h post-infection, and parasite load was
determined by TaqMan qPCR quantifying parasite actin gene DNA relative to host macrophage actin

gene DNA. Shown is intracellular parasite survival [%] after 48 h, with the bar indicating the median of
n = 5. Ratio-paired, one-sided Student’s t-test: * p < 0.05, ** p < 0.01, *** p < 0.001 between data pairs.
ns = not significant.
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Conversely, the L. braziliensis HSP100–/– null mutants were fully viable and proliferating at 30 ◦C,
even exhibiting a significant growth advantage over the wild type (Figure 4B). This temperature
tolerance of the L. braziliensis HSP100–/– null mutants matches previous findings from phenotype
analyses of L. donovani HSP100–/– null mutants [57], but contrasts with the phenotype of L. major

HSP100–/– null mutants, which were hypersensitive at the upper limit of growth temperature [56].
Lastly, the Cas9-expressing cells grown at 30 ◦C also showed an elevated growth without reaching
statistical significance (Figure 4B).

We next tested the L. braziliensis HSP23–/– and HSP100–/– null mutants for tolerance to sublethal
ethanol concentrations, a trigger of the unfolded protein response, a stress signalling pathway of the
endoplasmic reticulum (ER) that is related to the heat shock response [61,62]. Treatment with 2% ethanol
caused growth reduction for all three L. braziliensis HSP23–/– null mutants (Figure 4D). This increased
sensitivity of L. braziliensis HSP23–/– null mutants to a chemical stressor (i.e., ER stress-sensitive
phenotype) is in agreement with previous work in L. donovani HSP23–/– mutants [47], further supporting
the involvement of HSP23 in protecting Leishmania against protein misfolding stress. The HSP100–/–

null mutants were not affected by exposure to 2% ethanol (Figure 4D). Again, the Cas9-expressing cells
showed a slightly increased growth compared to the wild type (Figure 4D).

Lastly, we tested the ability of the wild type and mutant strains to survive inside macrophages.
Primary mouse bone marrow-derived macrophages were differentiated and infected in vitro at a parasite
to macrophage ratio of 8:1 using stationary-phase promastigotes. The parasite load was evaluated by
qPCR [50] at 48 h post infection relative to the parasite load after 4.5 h of parasite internalisation.

The average percentage of surviving L. braziliensis PER005cl2 wild-type parasites within
macrophages at 48 h post-infection was 52.6 ± 13.0% (Figure 4E). The loss of HSP100 had a significant
impact on the intracellular survival of the two L. braziliensis HSP100 null mutants. The effect was more
pronounced for the whole-gene deletion mutant (HSP100–/– cl.2; mean survival ± SD: 23.4 ± 11.7%)
than for the partial gene disruption (HSP100–/– cl.1; 32.0 ± 12.4%) (Figure 4E). The impaired ability
of these L. braziliensis HSP100–/– null mutants for intracellular survival in in vitro-infected mouse
macrophages was also documented for L. major and L. donovani HSP100-null mutants [56,57].

The ability to survive in macrophages was affected in only two L. braziliensis HSP23–/– mutants
(HSP23–/– cl.2: mean survival ± SD: 21.2 ± 6.1%; HSP23–/– cl.3: 35.6 ± 12.5%)(Figure 4E), whereas the
HSP23–/– cl.1 was able to survive intracellularly (54.1 ± 16.8%) at a rate similar to the wild-type parasites
(Figure 4E). The reduced survival of HSP23–/– cl.2 and cl.3 matches the poor growth of these clones
at elevated temperature and under ethanol stress (Figure 4B,D) and is in line with previous work
performed with a L. donovani HSP23-null mutant [47].

In a first attempt to investigate possible genomic adaptations in the mutants as cause for varying
phenotypes, we evaluated aneuploidy patterns. Using the NGS sequence reads from the WGS analysis
and quantifying normalised sequence read densities for individual chromosomes in L. braziliensis WT
cells, WT [Cas9] cells, three HSP23–/– mutant clones and two HSP100–/– mutant clones, we calculated
chromosome ploidies (Figure S9A). Indeed, we found profound differences between L. braziliensis

HSP23–/– mutants themselves and compared to the other parasite strains. HSP23–/– clone 1 is trisomic
for chromosome 30 and shows intermediate somy (2.56) for chromosome 4. HSP23–/– clone 2 shows
a marked increase of chromosome 2 ploidy (4.82). HSP23–/– clone 3 shows strong amplification
(4.6) of chromosome 14, trisomies for chromosomes 18, 33 and 34, and a slight (2.39) increase for
chromosome 4, which was also partly amplified in HSP23–/– clone 1. The strong increase of chromosome
2 sequence reads for HSP23–/– clone 2 is due to an apparent amplification of a ~20,000 bp region
between positions 260,000 and 280,000 (Figure S9C). The amplified region contains mostly copies of a
SLACS retrotransposon (LbrM.02.0550), and a possible context with the loss of HSP23 is not obvious.
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All three L. braziliensis HSP23–/– clones, but also the Cas9-expressing strain were trisomic for
chromosome 26, possibly causing the minor fitness gain observed for the Cas9 strain.

3.4. Complementation Studies in L. major HSP23-Null Mutants Indicate a Conserved Function in
Thermotolerance for Trypanosomatid HSP23

The failure to establish ectopic HSP23 expression in the L. braziliensis HSP23–/– clones precluded
a conclusive correlation between loss of HSP23 and the observed phenotypes. To complement this,
we also produced CRISPR-derived L. major HSP23–/– null mutants, following the same experimental
strategies. Three selected L. major HSP23–/– null mutant clones (LmjHSP23–/– cl.1–cl.3) were analysed by
whole genome sequencing, confirming the successful replacement of the LmjHSP23 gene (Figure S10A)
and the correct integration of both drug-resistance cassettes (Figure S11). Further verification by
Western blot analysis using HSP23-specific antibodies showed a lack of the HSP23 protein in all L. major

HSP23–/– null mutants (Figure S10B). From these clones, we selected LmjHSP23–/– cl.1 for genetic
complementation and phenotypic analyses. We introduced the LmjHSP23 transgene as episome to
generate a LmjHSP23 add-back cell line. In vitro, at optimal growth conditions for promastigotes (25 ◦C,
pH 7.4), the null mutant showed a 50% reduced growth compared with wild-type cells (Figure 5A).
This reduced growth of the null mutant could be restored to near-wild type levels by the LmjHSP23

transgene, but not by the empty expression plasmid pCL1S (Figure 5A). At 34 ◦C, a temperature relevant
for dermotropic Leishmania species, the LmjHSP23–/– cl.1 mutant promastigotes were severely affected
and did not proliferate (Figure 5B). This temperature-sensitive phenotype was rescued by the LmjHSP23

transgene (Figure 5B), similar to what was reported for L. donovani HSP23–/– mutants [47]. We also
tested the LmjHSP23–/– cl.1 mutant for tolerance to sublethal ethanol stress. A 2% ethanol exposure
caused growth inhibition in the null mutant (Figure 5C), but not in the LmjHSP23–/– (LmjHSP23)
parasites (Figure 5C). Thus, we established LmjHSP23–/– cl.1 as a suitable host strain for the functional
complementation with various trypanosomatid HSP23 genes.

A similar ploidy analysis was also performed for L. major WT, L. major WT [Cas9] and the two L.

major HSP23–/– clones, 1 and 2 (Figure S9B). Except for a very minor increase for chromosomes 5, 6, and
8, no karyotypic changes could be observed.

The LmjHSP23–/– cl.1 mutant was transfected with pCL1S bearing the L. donovani, L. infantum, L.

major, L. braziliensis, or T. brucei HSP23 orthologs, respectively. Ectopic expression of these transgenes
was verified at the RNA level using qRT-PCR analysis with HSP23 species-specific primers, showing
varying rates of over expression (Figure S12A). We also verified the HSP23 protein level by Western
blot analysis using specific antibodies raised against L. donovani HSP23 [47]. Over expression was
confirmed for all Leishmania HSP23 homologs, except for the putative T. brucei HSP23 (Figure S12B),
the latter likely due to low amino acid sequence conservation (36%) between the L. donovani and T.

brucei HSP23 homologs.
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Figure 5. Phenotypic analysis of L. major HSP23–/– mutants and complementation strains. 1 × 106 or
5 × 106 parasites/ml were seeded in 10 ml complete M199 medium and parasite density was assessed
at day 4. Parasites were grown at 25 ◦C (A), 34 ◦C (B), and 25 ◦C with 2% EtOH (C). Cell density
is shown as percentage of WT (set at 100%). (D) Complementation studies in LmjHSP23–/– mutants.
Null mutants were transfected with the pCL1S over expression vector harbouring the HSP23 gene
of L. major, L. donovani, L. infantum, L. braziliensis, and Trypanosoma brucei or with the empty vector
only. Complementation populations were subjected to growth experiments at 34 ◦C. Cell density was
assessed at day 4 and is shown normalised to Lmj WT growth (set at 100%). * = p < 0.05.

We then tested whether the temperature-sensitive phenotype of the L. major HSP23–/– mutant could
be complemented by the HSP23-encoding, orthologous genes from other Leishmania species and the
closely related Trypanosoma brucei. These supposed HSP23 homologs share between 36% and 99% amino
acid sequence identity (Table S2). At 34 ◦C, all trypanosomatid HSP23 transgenes restored growth
of L. major HSP23-null mutants to wild-type levels, abrogating the mutant phenotype (Figure 5D).
This shows that all trypanosomatid HSP23 homologs share the same functionality, conferring protection
against heat stress, and likely maintaining protein folding homeostasis in trypanosomatid organisms.
Furthermore, the functional conservation of HSP23 homologs among the Trypanosomatidae confirms
the phenotypes we observed in the L. braziliensis HSP23-null mutants, since LbrHSP23 expression can
restore thermotolerance to the L. major HSP23–/– mutant.

4. Discussion

The protozoan parasite Leishmania braziliensis is one of the most pathogenic dermotropic Leishmania

species circulating in the Americas, where it is the main cause of cutaneous and mucocutaneous
leishmaniasis [4,63]. Despite its prevalence and importance to public health, L. braziliensis has been
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less studied and is therefore less experimentally developed compared to Old World Leishmania species
such as L. major and L. donovani, which have been traditionally used as models for studying the biology
of these obligate intracellular parasites. Given that L. braziliensis is a member of the subgenus Viannia,

with a considerable phylogenetic distance to the Old World species and even to the Central and South
American L. mexicana complex, conservation of gene function between the subgenera may not be
assumed automatically, and may require experimental confirmation by reverse genetics.

One of the main approaches for genetic modification of Leishmania parasites to probe gene
function has been the generation of gene replacement mutants by homologous recombination-mediated
replacement [5,64], which allows the creation of null mutants and their subsequent phenotypic
analysis [6,65]. While this has proven a powerful genetic tool in Old World Leishmania spp., but also in
Central American L. mexicana [66], our literature search did not turn up any work regarding homologous
recombination-based gene replacement in L. braziliensis. Studies reporting on the use of homologous
recombination in L. braziliensis demonstrate the generation of stable transgenic parasite lines from
integration of DNA constructs into the SSU rDNA genomic locus. These include L. braziliensis lines
expressing reporter genes, e.g., luciferase or eGFP, which hold potential for parasite tracking and
monitoring effects of antileishmanial compounds in vitro and in vivo [67–69], and over expressing
parasite lines for the analysis of gene products, e.g., to assess antimony susceptibility and resistance
mechanisms [70–72]. Moreover, circular extrachromosomal cosmids can be stably introduced into
L. braziliensis to over-express stretches of genomic DNA and connect the over expression phenotypes to
biological processes such as virulence [73] and antimony resistance [59]. The experimental proof that
L. braziliensis is a RNAi-competent species started the development of RNAi-based gene knockdown
strategies for the loss-of-function phenotyping of genes in this species [9,10]. More recently, the
CRISPR–Cas9 technology, with its advantages of being less time-consuming than traditional gene
targeting and less susceptible to off-target effects than RNAi-based approaches [74], has added to
the genetic toolbox that is available for the study of Leishmania spp. [19,20], allowing researchers
to investigate gene functions with unprecedented ease, accuracy, efficiency, and scale in biological
contexts [17,25,29,40].

In this study, we report the application of CRISPR–Cas9-mediated gene editing to the efficient and
precise disruption of two endogenous, non-essential, single-copy genes and one integrated transgene
in L. braziliensis. We opted for a CRISPR–Cas9, molecular cloning-free method developed for the
use in Leishmania that relies on T7 RNAP-based expression of sgRNAs in vivo [17]. For this, we first
generated a parental L. braziliensis cell line expressing Cas9 and T7 RNAP. Since plasmid pTB007 was
designed for integration of both transgenes into the L. major beta-tubulin locus [17], we transfected
pTB007 as stable, circular episome under hygromycin B selection. This episome was well tolerated
by L. braziliensis strain PER005cl2 used in this study and was stably maintained for several months,
with no apparent Cas9 toxicity during in vitro promastigote passage, indicating that this episomal
transgene could be maintained without inducing deleterious RNAi effects in L. braziliensis.

For our study, we used a cloned L. braziliensis strain, derived from a clinical isolate, whose entire
genome had been sequenced [46].This allowed us to select correct, highly specific sgRNA templates
and donor DNAs for precise, targeted gene editing with no predicted off-target mutations. The original
clinical isolate from which PER005cl2 strain is derived, was shown to be infective for primary mouse
peritoneal macrophages [34], within which it is sensitive to pentavalent antimony. Furthermore, this
isolate was confirmed not to harbour Leishmaniavirus LRV1 [75], a cytoplasmic double-stranded RNA
virus frequently found as endosymbiont in Leishmania (Viannia) species [75–77], and which appears to
enhance virulence and persistence of its Leishmania host [78,79].

We first targeted an eGFP coding sequence inserted into the SSU rRNA coding gene(s) of
the L. braziliensis parental Cas9/T7 cell line. We applied double antibiotic selection after CRISPR
targeting, using increasing antibiotic pressure at two time points, i.e., predetermined minimal effective
concentrations of antibiotics at 24 h post-transfection and until transfectants emerged in culture,
followed by higher antibiotic selection pressure to enrich for homozygously edited cells, and found this
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to be an effective strategy. The eGFP editing in L. braziliensis was assessed at the cell population level
and compared to that achieved in L. donovani. Overall, we observed a different activity for the same
pairs of sgRNAs in the two Leishmania species studied. While all 6 sgRNA sets that targeted sites within
the eGFP gene were highly active in L. donovani, they had a wide range of efficiency in L. braziliensis.
The most active sgRNAs (sets 5 and 6) were the same in L. braziliensis and L. donovani, indicating that
the sgRNA sequence had an impact on the gene targeting efficiency. This is in line with a recent study
that tested the efficiency of three gRNAs targeting identical sequences of the miltefosine transporter
gene in L. donovani, L. major, and L. mexicana, and found the relative gRNA activity to be the same [31].
Studies in other systems revealed that sgRNA sequence features such as position-specific nucleotide
composition, GC content, motifs located in the sgRNA “seed” region, and secondary structures of
sgRNAs contribute to sgRNA efficacy [80–84].

The different gene targeting efficiencies of the same sgRNA sets observed for L. braziliensis

and L. donovani may be due to different factors. First, the presence of an active RNAi machinery
in L. braziliensis [9] may have an effect on ectopic Cas9 and T7 RNAP expression from episomal
DNA constructs in this species, as was shown before [59]. Second, there may be differences in the
T7-dependent expression level of different sgRNAs and Cas9 among Leishmania species [31]. We have
used T7 RNAP-driven in vivo expression of sgRNA templates that were delivered to the Leishmania

parental Cas9/T7 cell lines by transient transfection [17]. Variation of T7 RNAP-mediated transcription
may lead to different intracellular levels of sgRNA that may limit the efficiency of Cas9-dependent
DNA cleavage. A recent study suggested that a threshold level for both Cas9 and sgRNA expression
is required for an efficient CRISPR-mediated gene knockout, which in turn is determined by the
specific potency of a given sgRNA [85]. In keeping with this, increased sgRNA expression and
maturation dramatically improved the efficiency of CRISPR–Cas9 mutagenesis in Candida albicans [86].
Thirdly, DSB repair efficiency may differ between Leishmania species [31]. Fourth, small variations
in the intrinsic antibiotic sensitivity of different Leishmania species and strains may cause differences
in transgene copy numbers, both for the integrated GFP gene and for the Cas9/T7-RNAP construct,
leading to different efficiencies. Lastly, other factors playing a role in the biology of the Leishmania

species studied may also play a role, such as variations of chromatin structure.
In our experiments, the copy numbers of eGFP within the SSU rRNA gene units of the L. braziliensis

Cas9/T7/eGFP parental cell line were not determined. Assuming one copy of eGFP present per genome
in the L. braziliensis Cas9/T7/eGFP, as shown in a recent study focused on the same species [87],
our results suggest that the eGFP-specific sgRNA sets 1, 2, 3, and 4 generated mono-allelic edits,
i.e., single-allele replacements, whereas the most efficient sgRNAs, sets 5 and 6, generated mostly
double-allelic edits.

We were also able to efficiently disrupt two non-essential, endogenous, single-copy genes of
L. braziliensis encoding the heat shock proteins HSP23 and HSP100. We obtained double-allelic,
Cas9-free HSP23–/– and HSP100–/– null mutants. The in vitro phenotypes of the L. braziliensis HSP23-
and HSP100-null mutants were assessed and compared to the wild-type strain, since gene add-back
variants could not be obtained. Nevertheless, the analysis of independently cloned mutant cell lines
revealed largely consistent phenotypes, strengthening the correlation between the disruption of the
target gene and the loss-of-function phenotypes. This was further supported by the complementation
studies carried out in the L. major HSP23-null mutant, which demonstrated functional homology
between the HSP23 genes of the Trypanosomatidae. Furthermore, the rapid loss of the Cas9 episome
in the absence of antibiotic selection is important when evaluating the phenotype, as the WT [Cas9]
strain which was kept under selection showed a divergent phenotype from the wild type. We would
therefore refrain from using genomic integration constructs for the expression of Cas9.

We do not know the reason behind the different capacity of intracellular amastigotes from the
three studied L. braziliensis HSP23–/– mutants to survive inside macrophages. All parasite strains/clones
were subjected to the same in vitro culture, electroporation, cloning, antibiotic selection, and stress
conditions. They had similar passage numbers before phenotype analyses, and their phenotypes were

186



Genes 2020, 11, 1159

investigated in parallel in all assays. Moreover, the CRISPR–Cas9 components were no longer present
when single-cell cloning was performed. We suspected that the mutant clones might have undergone
some level of genetic adaptation, e.g., via spontaneous mosaic aneuploidy followed by selection for
vitality. We observed a similar, spontaneous loss of phenotype for a L. donovani HSP23–/– clone, due
to amplification of the gene coding for casein kinase 1.2 [45]. We indeed found ploidy changes that
were specific to the L. braziliensis HSP23–/– mutants. One of those, a trisomy of chromosome 34, which
harbours the casein kinase 1.2 gene in L. braziliensis, may have a similar effect as in L. donovani.

Lastly, an average of 37.7% (± 8.6%) L. braziliensis Cas9-expressing cells were able to survive
inside macrophages (Figure 4E). Those cells show a trisomy for chromosome 26, similar to all three
L. braziliensis HSP23–/– clones (Figure S9A). This trisomy is absent from the wild type and from the two
L. braziliensis HSP100–/– clones.

5. Conclusions

Leishmania (V.) braziliensis is amenable to reverse genetics using a CRISPR–Cas9 protocol as
shown in this work. Gene replacement occurs exclusively at the predicted sites. As is known, ectopic
expression of the genes of interest presents a problem, due to the effects of RNAi in the Viannia

subgenus. The functions of at least two amastigote-specific heat shock proteins, HSP100 and HSP23,
are conserved between Old World and New World leishmaniae and likely in T. brucei as well. With a
workable protocol for gene replacement now in place, urgent questions pertaining to the biology of the
Viannia subgenus can now be addressed by means of reverse genetics.
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Abstract: The description of the genus Leishmania as the causative agent of leishmaniasis occurred in
the modern age. However, evolutionary studies suggest that the origin of Leishmania can be traced
back to the Mesozoic era. Subsequently, during its evolutionary process, it achieved worldwide
dispersion predating the breakup of the Gondwana supercontinent. It is assumed that this parasite
evolved from monoxenic Trypanosomatidae. Phylogenetic studies locate dixenous Leishmania in a
well-supported clade, in the recently named subfamily Leishmaniinae, which also includes monoxe-
nous trypanosomatids. Virus-like particles have been reported in many species of this family. To date,
several Leishmania species have been reported to be infected by Leishmania RNA virus (LRV) and
Leishbunyavirus (LBV). Since the first descriptions of LRVs decades ago, differences in their genomic
structures have been highlighted, leading to the designation of LRV1 in L. (Viannia) species and LRV2
in L. (Leishmania) species. There are strong indications that viruses that infect Leishmania spp. have
the ability to enhance parasitic survival in humans as well as in experimental infections, through
highly complex and specialized mechanisms. Phylogenetic analyses of these viruses have shown that
their genomic differences correlate with the parasite species infected, suggesting a coevolutionary
process. Herein, we will explore what has been described in the literature regarding the relationship
between Leishmania and endosymbiotic Leishmania viruses and what is known about this association
that could contribute to discussions about the worldwide dispersion of Leishmania.

Keywords: Leishmania; Leishmania viruses; phylogeny; coevolution; endosymbiont protozoan viruses

1. Introduction

The origin of the Leishmania parasite dates back to the Mesozoic era, and models of
its dispersion to the continents, still hypothetical, consider different scenarios [1]. The
diversification of this group of dixenous parasites occurred on different continents, and cur-
rently, the Leishmania genus consists of dozens of different species worldwide, pathogenic
to humans or not, which, by themselves, present complexities that are still not fully under-
stood. There is some discussion on the taxonomy of Leishmania, and in this study, we will
adopt the proposal of Kostygov et al. [2] and Espinosa et al. [3], naming four Leishmania
subgenera: L. (Leishmania), L. (Viannia), L. (Sauroleishmania), and L. (Mundinia).

Despite efforts to unravel the mechanisms of Leishmania pathogenicity, to determine
the risk of infection and to develop new treatments and vaccines against the parasite, there
are still gaps in the state-of-the-art treatments to be explored. For example, one of the most
well-defined aspects of the parasite, the Leishmania life cycle, has been updated by recent
and important discoveries of factors that influence the parasite’s dispersion ability [4].
An amazing field to be explored concerns the effects of endosymbiotic Leishmania virus
presence, its relationship with Leishmania cells, and further clinical and epidemiological
consequences. Paraleishmania hertigi and Paraleishmania deanei, formerly Leishmania hertigi
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and Leishmania deanei [2,5], respectively, were the first members of the subfamily Leishmani-
inae [6] identified as able to host virus-like particles [7]. Nevertheless, to date, no additional
studies have been performed characterizing virus-like particles (VLPs) from these species.
Only nine years later, Leishmania (Viannia) guyanensis and Leishmania (Viannia) braziliensis,
which were both described as host viruses, were molecularly characterized [8], with the
L. guyanensis virus named LR1 and the virus found in L. braziliensis named LR2. Both
LR1 and LR2 were thought to contain single-stranded DNA [8], but soon after, they were
demonstrated to contain circular double-stranded RNAs (dsRNAs) and were renamed
Leishmania RNA virus (LRV) [9]. In the following years, LRV was described in 12 isolates of
L. braziliensis and L. guyanensis from the Amazon region [10], and LRV was identified in one
Leishmania (Leishmania) major isolate from a human patient in the former Soviet Union [11].
To the best of our knowledge, there are no studies that have searched for viruses in L.
(Sauroleishmania) species, and only one species from L. (Mundinia), L. martiniquensis, was
recently found to harbour a virus named Leishbunyavirus (LBV).

Although not much attention has been given to Leishmania viruses classification,
altogether, the literature classified the viruses infecting Leishmania species, LRV and LBV,
into two virus families: Totiviridae and Leishbuviridae, respectively. Recent reports
focused on Leishmania and the viral endosymbiont LRV first arose from questions not
directly related to the virus but rather to Toll-like receptors and their association with
variable immunological responses to Leishmania infection [12]. Important data have been
gathered since then. Both viruses, LBV and LRV, influence the phenotypic expression
of Leishmania infection in the vertebrate host, although biological aspects of Leishmania-
harbouring viruses vs. virus-free Leishmania remain to be elucidated.

Thus, current data, in association with reports from decades ago, led us a step further
in the understanding of this peculiar, dynamic, and million-year-old parasite. Some studies
were recently published searching for and characterizing viruses in Leishmania parasites
and in different members of the Trypanosomatidae family, suggesting endosymbiotic
viruses as an ancient acquisition by these protozoans. Here, our main objective is to
summarize previous and recent reports that characterize Leishmania viruses and the impact
of this endosymbiosis and then to analyse their relationships with the parasite species that
host them.

2. The Leishmania viruses

Virus-like particles (VLPs) in parasitic protozoans were first described in Entamoeba
histolytica in the 1960s [13]. After that, several studies reported similar structures in many
unicellular eukaryotes, such as Giardia lamblia, Trichomonas vaginalis, and members of the
Trypanosomatidae family, including Leishmania spp. and Trypanosoma spp. For some ad-
ditional protozoans, however, there are only studies reporting VLPs based on electron
microscopy approaches but not by molecular methods. The International Committee on
Taxonomy of Viruses (ICTV) recognized only the family Totiviridae gathering Leishmania
viruses [14]. However, this, as well as families of viruses collected from other trypanoso-
matids, must be updated considering recent virus discovery and characterization [15].

Totiviridae consists of five genera: Giardiavirus, Leishmaniavirus (LRV), Trichomonasvirus,
Totivirus, and Victorivirus. According to ICTV, Leishmania RNA virus 1 (LRV1) and Leish-
mania RNA virus 2 (LRV2) belong to the Leishmaniavirus genus. LRV was assumed to be
capable of infecting Leishmania spp. only, with the two species identified as LRV1 and
LRV2 (Figure 1), but recently, a member of this genus was also found in Blechomonas spp., a
monoxenous trypanosomatid parasitizing fleas [15].

Recently, a new genus belonging to the Leishbuviridae family was proposed, Leish-
bunyavirus (LBV). The family Leishbuviridae includes the species Leptomonas shilevirus,
which infects Leptomonas moramango, a monoxenic trypanosomatid [15], and LBV, which
was found in Leishmania martiniquensis (Figure 1), a human pathogen that produces symp-
toms ranging from severe visceral disease to asymptomatic infections belonging to the
subgenus Leishmania (Mundinia). The virus was denominated Leishmania martiniquensis
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leishbunyavirus 1 (LmarLBV1) and represents the only non-LRV virus found to infect a
Leishmania species so far [16]. The subgenus L. (Mundinia) has been established recently
and remains understudied. It consists of newly emerging, human-infecting Leishmania
species and nonhuman pathogens distributed worldwide. It has been assumed that this
subgenus represents the earliest diverging branch within Leishmania, possibly transmitted
by a different vector [17].

Genus: Leishmaniavirus 

Group III: Double strand RNA (dsRNA)

Order: Ghabrivirales

Family: Totiviridae

Species: Leishmania RNA Virus 1 (LRV1);
a Leishmania RNA Virus 2 (LRV2).

Infected Leishmania species: L. braziliensis, L.

guyanensis, L. panamensis, L. shawi, L. naiffi, L.

lainsoni; L. major, L. tropica, L. infantum, L.
aethiopica.

Genus: Leishbunyavirus

Group V: Negative strand RNA (ssRNA-)

Order: Bunyavirales

Family: Leishbuviridae

Species: Leptomonas shilevirus; Leishmania

martiniquensis leishbunyavirus 1 (LmarLBV1).

Infected Leishmania species: L. martiniquensis.

Figure 1. Classification of Leishmaniavirus and Leishbunyavirus viruses and Leishmania species de-
scribed so far harbouring each of these endosymbionts.

3. Exploiting Characteristics of Leishmania-Infecting Viruses

Leishmaniavirus species LRV1 and LRV2 were associated, respectively, with Leishma-
nia (Viannia), found exclusively on the American continent, and with Old World Leishmania
(Leishmania) species [18–22]. LBV, initially found in monoxenous trypanosomatids belong-
ing to the subfamily Leishmaniinae and in the dixenous plant-parasitizing Phytomonas
spp. [15], has also been detected in Leishmania martiniquensis [16] and possibly Trypanosoma
spp. [15].

The Totiviridae family encompasses a broad range of viruses characterized by iso-
metric virions, ranging from 30 to 40 nm in diameter, each containing a nonsegmented
double-stranded RNA (dsRNA) genome, usually with two open reading frames (ORFs).
LRV is a member of this family containing a ∼=5.3 kb double-stranded RNA (dsRNA)
genome [23,24] and organized into three ORFs. ORFs 2 and 3 encode a capsid protein
(CP) and an RNA-dependent RNA polymerase (RdRP), respectively [25]. The first ORF
is considered a predicted protein sequence and has shown no significant homology with
known proteins [23]. Despite having small genomes, some totiviruses encode proteins in
addition to RdRP and CP with known activity, such as the killer protein (KP4), produced
by a fungal totivirus, which has proven antifungal activity [26]. Other totiviruses directly
influence the expression of their host proteins, such as the virus that infects Trichomonas
vaginalis, which, when present, is associated with an increase in the levels of proteins
involved in the pathogenesis of the parasite [27]. Interestingly, although we do not know
the protein encoded by ORF1 or its function, the viral capsid protein has endoribonuclease
activity that precisely cleaves the transcript by ORF1 in both LRV1 [28] and LRV2 [29]. The
two small RNA products resulting from the cleavage of their own endoribonuclease form a
stable RNA/RNA complex, which can access host cell binding sites that are inaccessible to
the transcript [30]. This configuration still requires further study. The classification of LRV
in the Totiviridae family was due to its replication characteristics [31]. The low level of
similarity (less than 40%) detected by comparing the nucleotide sequences from L. (Viannia)
and L. major viruses enabled their classification into two different species, LRV1 and LRV2.
Variation in the arrangement of the gene sequences is also observed between LRV1 and
LRV2 [21,32]. LRV1 has an overlap between the regions encoding the viral capsid protein
and the RNA polymerase, a particularity not observed for LRV2.

Leishbunyavirus belongs to the order Bunyavirales and is characterized as a virus
exhibiting a negative-sense single-stranded RNA (ssRNA-) [33] organized in three genomic
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segments. The large segment encodes a viral RdRP, the medium segment encodes a surface
glycoprotein precursor, and the small segment encodes a nucleoprotein [34]. Virions are
usually 90 to 100 nm in diameter. The medium and small segments might present other
ORFs involved in counteracting the host antiviral response, which may be present in both
segments [35,36]. The infectivity and formation of viral particles in bunyaviruses depend
on glycoproteins and type I transmembrane proteins that are proteolytically processed and
glycosylated in the endoplasmic reticulum [36]. LmarLBV1 is a Bunyavirus and is the first
non-LRV described infecting Leishmania [15,37].

Similar to other viruses, LRV and LBV require the resources of eukaryotic cells to
sustain their metabolism. Furthermore, except for microRNAs (miRNAs) [38], dsRNA
molecules are not produced by eukaryotic hosts, and eukaryotic cells have several mecha-
nisms for detecting and inactivating these molecules [39,40]. The dsRNA viruses replicate
within the capsid. Thus, the dsRNA genome is never exposed in the cytoplasm, which is an
essential mechanism for evading host cell activation and antiviral action [41]. Transcription
of the dsRNA genome by RdRP takes place within the virus [10]. The positive strand acts
as messenger RNA (mRNA), giving rise to new viral particles, while the negative strand
serves as a template for mRNA transcription [41].

4. A Brief History of the Detection and Dispersion of LRV1, LRV2 and LBV

LRV1 from the reference strain for L. guyanensis (MHOM/M4147) represents the first
virus from kinetoplastids characterized by molecular approaches [8]. A few years later,
the first study screening for the presence of LRV in Leishmania spp. strains from different
geographical areas was conducted [42]. In this study, based on hybridization analysis,
twelve LRV1 types (LRV1-1–LRV1-12) were defined, and it was shown for the first time
that LRV1 could infect L. braziliensis, L. guyanensis, and various Leishmania strains from
the Amazon Basin [42]. Comparative cDNA sequence analysis of LRV1-1 and LRV1-4
showed 77% identity, corroborating differences previously observed between these two
types [32]. Furthermore, the comparison of two genomic regions from seven LRV types
led to the description of two new types, LRV1-13 and LRV1-14, detected in L. braziliensis
strains isolated from human patients from Bolivia [43].

In the early 1990s, parallel to the detection of LRV1 in two L. (Viannia) species, the
discussion started as to whether the geographic distribution of L. (Viannia) spp. bearing
LRV1 could be restricted to the Amazon Basin [42], despite widespread circulation of
L. braziliensis in the American continent. Later, two other studies evaluated LRV1 in L.
braziliensis from clinical samples and in L. braziliensis strains from south-eastern Brazil.
All were negative [44,45], supporting the hypothesis of restricted circulation of Leishmania
spp. bearing LRV1 to the Amazon Basin. Such findings exclude the possibility of a strict
association between the presence of LRV1 and the severity of tegumentary leishmaniasis
since there are also several leishmaniasis cases outside the Amazon Basin [20].

Recently, additional L. (Viannia) species were reported as infected by LRV1. Positive
LRV1 samples were detected in tegumentary lesions from patients infected by Leishmania
(Viannia) lainsoni and Leishmania (Viannia) shawi living in the western Brazilian Amazon
region [20]. Later, LRV1 was demonstrated and characterized in the reference strain of L.
shawi (MCEB/BR/1984/M8408), a strain isolated from a monkey [46]. A survey aiming
to detect LRV in Leishmania strains deposited at the Leishmania collection of the Fundação
Oswaldo Cruz-CLIOC. Available online: http://clioc.fiocruz.br (accessed on 6 April 2021)
is underway and it was detected LRV1 in another L. shawi strain isolated from a human
patient presenting CL in the Amazonas state (Table S1). An Leishmania (Viannia) naiffi strain
from Amazonas state in Brazil was also reported to be positive for LRV1 [47] and 11 L. naiffi
strains deposited at CLIOC were also positive, as well as one L. lainsoni (Table S1), the
latter corroborating our previous study detecting LRV1 in clinical samples from patients
infected by this species. All aforementioned results corroborated the assumption that LRV1
is restricted to Leishmania strains circulating in the Amazon Basin. However, we cannot
rule out that the apparent narrow geographical distribution of LRV1 might be a result of
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biased surveys. Studying Leishmania spp. from Costa Rica, we detected an L. guyanensis
strain positive for LRV1 (Table S1), reinforcing a recent finding indicating the circulation of
LRV1 in this area [48].

In 1993, a virus was identified in an Old World Leishmania species, L. major, and was
designated LRV2-1. It was described as immunologically distinct when compared to LRV1-
1 and LRV1-4 [11]. The complete sequence of the virus found in L. major promastigotes
MHOM/SU/1973/5-ASKH was published two years later, and it showed that the most
relevant characteristic distinguishing the genomic structure of LRV2 from LRV1 and other
totiviruses is the nonoverlapping capsid and RdRP genes [21].

LRV2 was detected in L. major [21], Leishmania infantum [22], Leishmania aethiopica [18,49],
and Leishmania tropica [50]. Two studies conducted in Iran, in a zoonotic focus of cutaneous
leishmaniasis (CL) and including visceral leishmaniasis (VL) patients, reported that the
virus was detected in two different parasite specimens: one L. infantum strain derived from
a VL patient unresponsive to treatment using meglumine antimoniate and one L. major
strain from a great gerbil, Rhombomys opimus [22]. More recently, a survey was conducted in
isolated promastigotes from 85 CL human patients from Iran. Eighty-three were identified
as L. major and 2 as L. tropica. Fifty-nine (69.4%) presented LRV2, and one out of the two
L. tropica isolates was also positive for LRV2 [50]. L. tropica was first demonstrated to be
infected by LRV2 in a survey conducted in Turkey, in which 7 LRV2-positive L. tropica
strains out of 24 were identified [51].

Recently, LRV2 was described in three (out of 3 examined) L. major strains in Turkey [51]
and in two L. major strains isolated from CL patients from Uzbekistan. Sequence anal-
ysis indicated a high similarity between the two LRV2 isolates from Uzbekistan, which
were closely related to the LRV2 isolate found in the L. major strain ASKH documented
in Turkmenistan [21,49]. Thus, the presence of LRV2 in L. major is possibly frequent
and widespread.

Recently, for the first time, a study demonstrated L. (M.) martiniquensis infected by
endosymbiotic virus, a Leishbunyavirus (LBV). The molecular characterization revealed a
genomic arrangement with three segments and sequences similar to those of LBV, which
was first described infecting monoxenous Crithidia spp., a trypanosomatid member of the
subfamily Leishmaniinae. However, to the best of our knowledge, the work published by
Grybchuk and colleagues in 2018 [15] presented the most comprehensive study on LBV. In
summary, thus far, LBV represents the most widespread and species-rich group of RNA
viruses from trypanosomatids. This virus was found in Crithidia spp. from Ecuador, Ghana,
and Russia and L. moramango from Madagascar, monoxenous trypanosomatid strains
isolated from different hosts. Furthermore, using metatranscriptomic data from dipterans
and horse leeches for viral and trypanosomatid surveys, they proposed this group of
viruses associated with the subfamily Strigomonadinae and with Trypanosoma spp.

Regarding Leishmania, it is interesting that a geographically dispersed and multiple-
host virus was detected in L. (Mundinia) species, the earliest branch within the genus
Leishmania, which likely originated before Gondwana’s breakup [52,53]. Another interesting
feature of this group of parasites is concerned with its geographical dispersion and the
diversity of vertebrates implicated as hosts, including humans. Interestingly, this group of
parasites is probably not transmitted by sandflies. Comparative genomic analysis shows
interesting differences in L. (Mundinia) from other Leishmania species [17].

5. LRV and LBV Modulating Leishmania spp. Phenotypes

Leishmania spp. infected with either Leishbunyaviridae or Totiviridae viruses show
altered phenotypic expression. Several studies have been proposed to understand this
impact, mainly involving the LRV1 endosymbiont, on the biology of different L. (Viannia)
strains. The reason for this might be the enigmatic pathophysiology of CL and the intrigu-
ing hypothesis that LRV confers either a state of hypovirulence or hypervirulence on the
host-parasite interaction [54].
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Several groups have speculated on the influence of LRV1 on parasite virulence, and
years have passed without major studies on the biological impact of LVR1 on Leishmania
parasites [55]. Concern about LRV1 as a determinant of parasitic virulence reappeared in
a 2011 study by Ives and colleagues using clones of L. guyanensis clinical isolates. Sam-
ples were classified due to their tendency to metastasize, ranging from highly metastatic
(M+) to nonmetastatic (M−), using hamsters as the animal model. The authors found
that a mucosal lesion-associated clone L. guyanensis carrying the virus (LgM+) increased
the endogenous immune response in an unregulated manner, promoting an increase in
inflammatory cytokines. These clones resulted in a phenotype of severe destruction of
the nasopharyngeal mucosa when inoculated in mice, despite the significant reduction
in the number of parasites. Macrophages infected with virus showed a phenotype sim-
ilar to macrophages infected with parasites (LgM+), with increased expression levels of
chemokines and cytokines such as CXCL10, CCL5, tumour necrosis factor-Alpha (TNF-α),
and interleukin 6 (IL-6), also demonstrating that LRV1 alone induced the intensification of
the inflammatory response to Leishmania antigens [12].

Thereafter, several studies explored the participation of LRV in the clinical evolution
of the disease. Our group demonstrated that the relative risk of developing mucosal lesions
in patients with Tegumentary leishmaniasis and LRV1 was three times higher than that in
patients infected with parasites without LRV1 [20]. Moreover, the presence of LRV1 was
associated with therapeutic failure cases in patients infected with L. guyanensis [56] and
in patients infected with L. braziliensis [57]. However, other reports did not correlate LRV
with distinct clinical phenotypes of TL [44,54] or treatment failure [58,59].

Assuming a mutualistic relationship between LRV and Leishmania spp., it is expected
that Leishmania harbouring LRV1 could display better performance and fitness than virus-
free strains facing certain environmental challenges. Routine evaluation of cultures main-
tained at CLIOC indicates two patterns of growth among L. guyanensis strains, and it was
observed that LgLRV1+ survived longer and despite the environmental stress faced by
parasites during in vitro cultivation, maintains viable parasites even in a nutrient-depleted
environment without medium replacement (Figure S1) [60]. The reference strain for L.
guyanensis (MHOM/BR/1975/M4147) is LRV1+, and a previous study demonstrated the
detection of viable parasites until the end of the monitoring of the culture [61].

Studies have reported data on LRV+ and LRV− parasites under the same environment,
for example, growing in the same culture medium [12,62], although there are apparently
always fewer negative than positive parasites [63], suggesting that few LgLRV1− parasites
may remain viable for a long time when cocultivated with LgLRV1+ parasites. We observed
that experimentally mixed LgLRV1−/LgLRV1+ cultures presented a similar number of vi-
able parasites at day 9 to that observed in single cultures for the LgLRV1+ strain (Figure S1),
suggesting either (i) the counted parasites corresponded strictly to LgLRV+ cells or (ii)
cocultivation enhances LVR− parasites’ ability to survive. However, it is plausible that
Leishmania spp., as described in Trypanossoma brucei [64], synthesize and secrete compounds
in the shared environment, affecting population density and parasite behaviour, measured,
for example, by growth rate in culture. It is possible that in addition to mechanisms such as
cell-cell contact and secretion factors, exosome secretion, recently demonstrated for LRV1+
parasites, also contributes to this interaction [65–67].

Studies using mice infected by L. guyanensis LRV1+ demonstrated a higher para-
site burden in lesions produced by these parasites than those produced by L. guyanensis
LRV1− [12,68,69]. The immunization of mice with a vaccine produced from the LRV1 viral
capsid protein decreases the burden of parasites in lesions after a new infection with L.
guyanensis LRV1+ [68].

Little information is available concerning the influence of LRV on the biology and
gene expression of Leishmania parasites when infected by these viruses. Teleologically, the
viruses might influence the expression of many Leishmania genes, not only, but mainly
those influenced by stressful conditions generated by parasite proliferation. Bearing in
mind characteristics of infections caused by parasites containing LRV1, genes implicated
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on parasite proliferation and persistence are good target to be investigated also. Not less
important are genes associated to therapeutic failure in infections caused by Leishmania
parasites, pondering that cases of therapeutic failure have been associated with the presence
of LRV1 in patients infected by L. braziliensis [57] and by L. guyanensis [56].

LRV is found in both stages of the Leishmania life cycle: promastigotes and intracel-
lular amastigotes [8,9]. However, despite several studies exploring the effect of LRV in
leishmaniasis pathogenesis, it is still unclear whether the virus effect is either the response
of the vertebrate host to viral infection or if the virus affects the biology of its own host,
Leishmania spp. [55,69]. A recent study evaluated the effect of LRV1 on the pathogenesis of
TL using an isogenic, high viral load clone of L. guyanensis LRV− (from the M4147 strain).
In doing so, it was possible to evaluate the effect of the virus in inducing the innate immune
response. This study deciphered the mechanism by which LRV1 promotes parasitic persis-
tence and disease progression and showed that this occurred due to the limited activation
of inflammasomes in macrophages. Such an effect of LRV1 in modulating the immune
response has also been demonstrated in human samples and was associated with mucosal
leishmaniasis [70]. Additionally, as already mentioned, the presence of LRV1 and the viral
load were identified as crucial factors in disease severity and pathology [62]. However, a
question remains regarding the participation of LRV1 in modulating the immune response:
it has been shown that the virus can be transported via exosomes [66], but at what point
of infection is LRV1 exposed to the host cell, signalling the cascade that leads to the most
severe phenotype of the disease?

Like LRV1, LRV2 present in L. aethiopica strains isolated from humans (LRV2-Lae)
showed potential in modulating the immune response in macrophages, resulting in a
hyperinflammatory and TLR3-dependent response [18]. In Leishmania tropica, LRV2 was
detected in approximately 30% of the strains analysed [51]. L. tropica is an important
aetiological agent of cutaneous leishmaniasis in the Old World, and there are several
reports of this species in cases of mucosal leishmaniasis [71–74].

In Ethiopia and Brazil, a portion of patients with cutaneous lesions commonly progress
to severe forms of the disease, such as mucosal leishmaniasis [75]. In those cases, the
presence of LRV was associated with the development of the mucosal phenotype.

Despite the common influence of both LRV types on the immune response, other
characteristics were not shared between them. For example, the LRV2 present in L. major
isolates did not affect the therapeutic response [58], as already reported in infections by
L. guyanensis and L. braziliensis LRV1+ [56,57]. However, a report of Leishmania infantum
harbouring LRV2 described a patient with visceral leishmaniasis who had not responded to
three cycles of systemic treatment. Therefore, not enough evidence is available to associate
the presence of LRV2 with clinical phenotypes in VL caused by L. infantum [22].

The LBV detected in L. martiniquensis (LmarLBV1) also seems to influence parasite
pathogenicity. Using an isogenic clone of L. martiniquensis without LBV (LmarLBV1-
depleted), the influence of the virus on the biology of the parasite was evaluated, specifically
concerning its ability to infect murine macrophages. The results showed that the LmarLBV1-
depleted strain was less infective than the LmarLBV1 strain, indicating that LmarLBV1
facilitates parasite infectivity in vitro in the primary murine macrophage model [16].

6. The Maze Pathway of Coevolution of Leishmania spp. and Its Viruses

It is not yet fully known how Leishmania viruses are maintained and transmitted to
Leishmania parasites. The most common mechanism for viral transmission in the Totiviridae
family may be either vertical, horizontal (by cell fusion), or both, propagation [76]. Infection
of non-LRV1-infected Leishmania parasites failed or was transitory when electroporation
was attempted [77]. Mature viral particles of LRV could be transmitted to new parasites by
cell division [11,41] or via exosomes [66]. More than 30% of exosomes produced by an L.
guyanensis strain carry viral particles, and inside exosomes, LRV1 is able to resist inhos-
pitable conditions until exosome-enveloped LRV1 infects other parasites [66]. Extracellular
transmission of Totivirus in some protozoan parasites, such as Giardia lamblia [78], and in L.
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guyanensis via exosomes [66] has been documented. Although this transmission is probably
rare, virus-infected and noninfected parasites are still observed in the same culture [63]. It
could not be ruled out that some parasites are resistant to virus infection, a hypothesis that
remains to be tested.

The lack of a detectable infectious phase of LRV suggests a long-lasting relation-
ship between the virus and the parasites, representing a symbiotic association. Indeed,
studies have shown similar genetic intervals between Leishmania species and LRV1 and
LRV2 [21,43]. Phylogenetic findings suggested that LRV acquisition by Leishmania parasites
occurred prior to the divergence of Old and New World Leishmania parasites [43], but its
interaction with the Trypanosomatid family was ancient, as indicated by the finding of
LRV in Blechomonas [15].

Viral particles, LBV and LRV, were found in Leishmania species and in their closest
phylogenetic clades Endotrypanum spp. and Paraleishmania spp. The loss and acquisition of
both LBV and LRV probably occurred early in the family Trypanosomatidae, but additional
research with different specimens from this family is necessary to make a proper inference
for this hypothesis. Considering the knowledge gathered so far, the relationship between
LBV and members of the Trypanosomatidae is older than that observed for LRV. LBV
appears in Trypanosoma spp., regardless of whether Blechomonas is the first genus of the
family harbouring LRV. LBV was detected in several members of the Trypanosomatidae
family [15]. Although LRV, more specifically LRV3 and LRV4, was observed in Blechomonas,
prior to the moment when Leishmaniinae split from other trypanosomatids, this virus
emerged again in the Leishmania spp. branch. This could have coincided with the point in
time when the dixenous life cycle emerged in Leishmaniinae, which could be supported
by the identification of VLPs in Paraleishmania and Endotrypanum [2] as LRV, although a
characterization of these particles is still required. Another possibility that can be assumed
is the re-emergence of LRV before the time of L. (Viannia) and L. (Leishmania) diversification,
considering VLPs found in Paraleishmania and Endotrypanum as non-LRVs. Comparative
analyses of the Leishmania tree, based on random amplified polymorphic DNA (RAPD),
and the LRV trees, obtained by sequence analysis of ORF3 or the 5′ untranslated region
(5′-UTR), supported a long history of coevolution between LRV and the parasite-host
strains, sustaining the hypothesis that LRV is an ancient virus of Leishmania spp. [43] and
probably spread following host diversification (Figure 2).

Phylogenetic studies have shown that the transition from a monoxenous to a dixenous
state occurred at least three times in the family Trypanosomatidae, giving rise to parasites of
vertebrates, such as the Trypanosoma and Leishmania genera, and to Phytomonas, a dixenous
phytopathogenic genus. Therefore, monoxenous parasites of invertebrates were ancestors
of dixenous pathogens [79]. Considering the phylogenetic reconstruction of viruses found
in many trypanosomatids using RdRP sequences, a well-supported clade for LBV was
observed to be closely related to Phenuiviridae [15], a family including many viruses
from insects, including the genus Phlebovirus, which is transmitted by sandfly species, the
Leishmania vectors [80].

Assuming monophyly in the Leishmania clade and including their sister clades En-
dotrypanum spp. and Paraleishmania spp., two different points in time appear when the
acquisition of these viruses could have occurred: first for the LBV in the subgenus L. (Mun-
dinia) and then for the LRV in L. (Viannia) and L. (Leishmania), with a later diversification
into LRV1 and LRV2 at the same time that these two Leishmania subgenera split [18,43].
The challenge is now to uncover the points when gain and loss of the viruses appear in the
process of diversification of the trypanosomatid taxa. Different strains from the same taxon
can be found infected and noninfected by a specific virus, but it is still unknown whether
the virus infection is an ancestral character or a derived one. The common ancestor for the
Leishmania clade and their sister clades Endotrypanum spp. and Paraleishmania spp. could be
virus-free, and independent viral acquisitions could have subsequently occurred. Different
routes of both LBV and LRV acquisition and loss are possible in this protozoan group
considering data gathered so far (Figure 2).

200



Genes 2021, 12, 657

Figure 2. Schematic phylogenetic tree for the family Trypanosomatidae (A) and the genus Leishmania (B) based on published
data [2,3,15] showing possibilities of Leishbunyavirus (LBV) and Leishmania RNA virus (LRV) acquisition by members of the
family Trypanosomatidae and LRV dispersion across Leishmania species. Three scenarios are possible for LBV (green, yellow
and grey arrows): green—ancient acquisition, with possible loss (dashed green arrow) in the first Leishmaniinae split and
new acquisition in the clade containing Leishmania, Paraleishmania, and “Endotrypanum”, followed by loss in the split of
Leishmania (Mundinia) from the other three Leishmania subgenera. This scenario assumes LBV not infecting Novymonas,
Zelonia and Borovskyia and virus-like particles (VLPs) found in the clade containing Paraleishmania and “Endotrypanum”
as LBV; yellow—the same as green, but with the last acquisition occurring in the split of L. (Mundinia) from the other
Leishmania subgenera and subsequent loss in members of the other three Leishmania subgenera, assuming VLPs found in the
clade Paraleishmania and “Endotrypanum” are not LBV; grey—ancient with possible loss (dashed grey arrow) in the first
Leishmaniinae split and new acquisition when L. (Mundinia) split from the other Leishmania subgenera. Scenarios expected
for LRV: blue—acquisition by a monoxenous trypanosomatid followed by sequential loss when another dixenous clade
appears and acquisition in the clade containing Leishmania, Paraleishmania, and “Endotrypanum”, followed by loss when
L. (Mundinia) split from the other Leishmania subgenera and a new acquisition by clade L. (Viannia)/L. (Leishmania); this
scenario assumes VLPs found in the clade containing Paraleishmania and “Endotrypanum” are LRV and the possibility of
LRV infecting all Leishmania subgenera; red—acquisition by a monoxenous trypanosomatid followed by sequential loss
when another dixenous clade appears and a new acquisition by clade L. (Viannia)/L. (Leishmania).

Alternatively, virus loss might have occurred independently and randomly. For strains
from the same species, it is plausible that a given strain, or its ancestor, was infected, and
during binary division, the virus was not equally transferred, resulting in both infected and
noninfected descendants. This hypothesis also explains the observation of virus-infected
and noninfected parasites in the same culture. To explore such an alternative, we consider
LRV1 and L. (Viannia) as an example. LRV1 was detected in most of the L. (Viannia) species:
L. guyanensis, L. braziliensis, L. shawi, L. naiffi, L. lainsoni, and Leishmania panamensis. Se-
quence analysis of LRV1 from L. braziliensis, L. guyanensis, and L. shawi showed clusters
gathering according to the Leishmania species (Figure 2); the sole LRV1 sequence analysed
from L. shawi was placed among two LRV1 sequences from L. guyanensis [46,63]. Curiously,
the similarity between L. shawi and L. guyanensis was reported in many studies [81–83]
and was also detected when LRV1-L. guyanensis and LRV1-L. shawi sequences were anal-
ysed [46]. Microsatellite analysis of L. (Viannia) spp. indicated that L. guyanensis is a distinct
population within the L. (Viannia) subgenus (by microsatellite analysis), with no distin-
guishable subpopulations. However, differences in the reactivity profile with monoclonal
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antibodies were detected, overlapping the geographical distribution of the strains [84,85]
and correlating with clusters formed after LRV1 L. guyanensis sequence analysis [46].

The case of L. braziliensis is especially interesting, as this species is widespread in the
American continent, but so far, LRV1 has been detected only in strains isolated from the
Amazon region. By microsatellite analyses, LRV(−) L. braziliensis strains belong to a distinct
population from LRV1-infected L. braziliensis [86,87]. The intragroup diversity detected
by the L. braziliensis-LRV1 sequence analysis is as high as the heterogeneity reported for
this parasite species [88–90]. Two LRV1 clusters were demonstrated, corresponding to L.
braziliensis from the western Amazon region (one from Bolivia and one from Brazil); an L.
braziliensis-LRV1 sequence from French Guyana was placed in the middle, but with lower
bootstrap support [46].

For L. guyanensis, L. braziliensis, other L. (Viannia) spp., and species infected by LRV2,
infected and noninfected parasite cells were detected within the same strain. The same
occurs for strains from the same regions. This assortment might be a significant determi-
nant of coevolution [91] assuming that the degree of mixing, virus-free and virus-infected
Leishmania spp. would increase Leishmania spp. exposure to viruses, therefore selecting
for greater resistance and infectivity intervals. The characteristics of Leishmania and LRV
could influence the probability of fluctuation in the direction of natural selection for a given
phenotype over an evolutionary period of time (fluctuating selection dynamics—FSD). Fur-
thermore, it could also be possible that Leishmania and their viruses are in combat, causing
both to select adaptive characteristics, leading them to coevolve (arms race dynamics—
ARD). The shift from FSD to ARD associated with population mixing is a possibility to
be acknowledged [91]. Considering the infection by LRV in Leishmania species since the
diversification of the subfamily Leishmaniinae, ARD could explain the lack of LRV-infected
L. braziliensis outside of the Amazon Basin. If this is the case, L. braziliensis and LRV1 devel-
oped different resistance and infectivity (or strategies of infection), respectively. The raised
hypothesis assumed the existence of L. braziliensis populations resistant to LRV infection.
The methodology used to describe LRV transmission via exosomes [66] to uninfected L.
guyanensis could be applied to test this assumption.

It seems that L. braziliensis parasites without LRV1 have been better adapted to the
conditions encountered, especially in relation to the phlebotomine species, indicating
that a bottleneck phenomenon occurred during the spread of L. braziliensis. Considering
microsatellite analyses, there is one L. (Viannia) population in the Amazon region consisting
of L. braziliensis strains and other L. (Viannia) species—L. guyanensis excluded. This diverse
population is organized into subpopulations that match species identity [87]. In previous
studies [20,43,47,64] and corroborated by the presented data, LRV1 infection was described
in many L. (Viannia) species. It remains unsolved, however, whether LRV1 from these
species is related to L. braziliensis LRV1. To address many of the points raised, it is important
to conduct phylogenetic studies of LRV1, LRV2, LBV, and their hosts. It is noteworthy that
the phylogenetic trees for LRV [43] and LBV [15] display congruence with those obtained
for their hosts, suggesting coevolution and limitation of horizontal viral transmission.

7. Concluding Remarks

The hypothesis that parasites influence the population size or geographical dispersion
of their host is opposed by a more acceptable hypothesis arguing that successful or well-
adapted parasites evolve to be harmless to their host. Although virus-like particles and
viruses were first detected in Leishmania parasites some decades ago, the impact of this
interaction and the diversity of these endosymbionts have recently drawn considerable
attention, mainly due to the virulence trade-off experimentally demonstrated in the context
of Leishmania (Viannia) guyanensis and LRV1. However, the theory regarding the evolution
of interactions among different endosymbiotic viruses and Leishmania spp. is still in
its emerging stages. Recent studies have reported the discovery of several viruses in
trypanosomatids, indicating the existence of unknown viral diversity, which needs to be
further investigated and can provide important evolutionary information. At least two
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virus families have already been described as Leishmania spp. endosymbionts, but we
still do not know if these viruses occur only in Leishmania spp. or if they can be detected
elsewhere, such as in the invertebrate host of Leishmania spp. It is plausible to assume a
dynamic symbiotic relationship in this long-term interaction between LRV or LBV and
Leishmania spp., but the influence of either LRV or LBV on Leishmania biology is not yet clear.
At least in some circumstances, it seems that this interaction causes a stressful condition,
promoting increased tolerance of Leishmania spp. to some environments and augmenting
its replication rate. It is a fact that both viruses influence leishmaniasis pathogenesis, but it
is still unclear whether this is a consequence of the vertebrate host response to the virus
living in Leishmania spp. cytoplasm or a biological response of Leishmania spp. to the
endosymbiotic viruses. The impact of a “parasitized parasite” in the initial moments of
a natural infection is also an aspect that deserves attention. The phenotype of higher
pathogenicity linked to Leishmania spp. bearing viruses might be linked to an increased
evolutionary fitness might be considered to signal that viral acquisition was beneficial to
the parasite. However, there is also the possibility of better fitness for those organisms that
are less pathogenic, which could have the chance to produce asymptomatic infections, to
be maintained longer in the vertebrate host, and to be dispersed to new environments.

The screening of viruses in Leishmania spp. is still limited to a few studies, but so far,
the evidence has indicated that LRV1 is restricted to the American continent and associated
with Leishmania (Viannia) species and that LRV2 is linked to the Old World and hosted by
Leishmania (Leishmania). LBV was detected only in L. martiniquensis, a species belonging
to a subgenus not closely related to L. (Viannia) or L. (Leishmania). For both LRV1 and
LRV2, there were different genotypes and correlations with the parasitized Leishmania
species. The consequence of Leishmania-LRV or Leishmania-LBV coevolution was probably
dependent on coevolutionary dynamics, involving (i) fluctuating selection affecting the
frequency of some genotypes, especially those linked to resistance and infectivity [92] or
fluctuations in the ranges of resistance and infectivity [93], and (ii) antagonist coevolution
turning towards either increasing infectivity, resistance, or both. There is an important
imbroglio of evolution and ecology linked to the relationship between Leishmania spp. and
LRV or LBV, these interactions providing a direct impact on the evolutionary route.

Supplementary Materials: The following are available online at https://www.mdpi.com/article/10
.3390/genes12050657/s1, Supplementary Data 1: LRV1 detection in Leishmania spp. Table S1: Strains
of L. (Viannia) positive for LRV1. Supplementary Data 2: Growth curve of Leishmania guyanensis

strains infected or not with the Leishmania RNA virus in single or mixed culture. Figure S1: Growth
curve of Leishmania guyanensis strains infected or not with the Leishmania RNA virus in single or
mixed culture.
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6. Jirků, M.; Yurchenko, V.Y.; Lukeš, J.; Maslov, D.A. New species of insect trypanosomatids from costa rica and the proposal for a

new subfamily within the Trypanosomatidae. J. Eukaryot. Microbiol. 2012, 59, 537–547. [CrossRef] [PubMed]
7. Croft, S.L.; Molyneux, D.H. Studies on the ultrastructure, virus-like particles and infectivity of Leishmania hertigi. Ann. Trop.

Med. Parasitol. 1979, 73, 213–226. [CrossRef]
8. Tarr, P.I.; Aline, R.F.; Smiley, B.L.; Scholler, J.; Keithly, J.; Stuart, K. LR1: A candidate RNA virus of Leishmania. Proc. Natl. Acad.

Sci. USA 1988, 85, 9572–9575. [CrossRef]
9. Widmer, G.; Comeau, A.M.; Furlong, D.B.; Wirth, D.F.; Patterson, J.L. Characterization of a RNA virus from the parasite

Leishmania. Proc. Natl. Acad. Sci. USA 1989, 86, 5979–5982. [CrossRef]
10. Weeks, R.S.; Patterson, J.L.; Stuart, K.; Widmer, G. Transcribing and replicating particles in a double-stranded RNA virus from

Leishmania. Mol. Biochem. Parasitol. 1992, 52, 207–213. [CrossRef]
11. Cadd, T.L.; MacBeth, K.; Furlong, D.; Patterson, J.L. Mutational analysis of the capsid protein of Leishmania RNA virus LRV1-4.

J. Virol. 1994, 68, 7738–7745. [CrossRef] [PubMed]
12. Ives, A.; Ronet, C.; Prevel, F.; Ruzzante, G.; Fuertes-Marraco, S.; Schutz, F.; Zangger, H.; Revaz-Breton, M.; Lye, L.-F.;

Hickerson, S.M.; et al. Leishmania RNA virus controls the severity of mucocutaneous leishmaniasis. Science 2011, 331, 775–778.
[CrossRef] [PubMed]

13. Miller, J.H.; Swartzwelder, J.C. Virus-like Particles in an Entamoeba histolytica Trophozoite. J. Parasitol. 1960, 46, 523. [CrossRef]
14. Walker, P.J.; Siddell, S.G.; Lefkowitz, E.J.; Mushegian, A.R.; Dempsey, D.M.; Dutilh, B.E.; Harrach, B.; Harrison, R.L.;

Hendrickson, R.C.; Junglen, S.; et al. Changes to virus taxonomy and the International Code of Virus Classification and
Nomenclature ratified by the International Committee on Taxonomy of Viruses (2019). Arch. Virol. 2019, 164, 2417–2429.
[CrossRef] [PubMed]

15. Grybchuk, D.; Akopyants, N.S.; Kostygov, A.Y.; Konovalovas, A.; Lye, L.F.; Dobson, D.E.; Zangger, H.; Fasel, N.; Butenko, A.;
Frolov, A.O.; et al. Viral discovery and diversity in trypanosomatid protozoa with a focus on relatives of the human parasite
Leishmania. Proc. Natl. Acad. Sci. USA 2018, 115, E506–E515. [CrossRef]

16. Grybchuk, D.; MacEdo, D.H.; Kleschenko, Y.; Kraeva, N.; Lukashev, A.N.; Bates, P.A.; Kulich, P.; Leštinová, T.; Volf, P.;
Kostygov, A.Y.; et al. The first Non-LRV RNA virus in leishmania. Viruses 2020, 12. [CrossRef]

17. Butenko, A.; Kostygov, A.Y.; Sádlová, J.; Kleschenko, Y.; Bečvář, T.; Podešvová, L.; MacEdo, D.H.; Žihala, D.; Lukeš, J.;
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Abstract: Euglena gracilis is a well-known photosynthetic microeukaryote considered as the product
of a secondary endosymbiosis between a green alga and a phagotrophic unicellular belonging to
the same eukaryotic phylum as the parasitic trypanosomatids. As its nuclear genome has proven
difficult to sequence, reliable transcriptomes are important for functional studies. In this work, we
assembled a new consensus transcriptome by combining sequencing reads from five independent
studies. Based on a detailed comparison with two previously released transcriptomes, our consensus
transcriptome appears to be the most complete so far. Remapping the reads on it allowed us to
compare the expression of the transcripts across multiple culture conditions at once and to infer a
functionally annotated network of co-expressed genes. Although the emergence of meaningful gene
clusters indicates that some biological signal lies in gene expression levels, our analyses confirm that
gene regulation in euglenozoans is not primarily controlled at the transcriptional level. Regarding the
origin of E. gracilis, we observe a heavily mixed gene ancestry, as previously reported, and rule out
sequence contamination as a possible explanation for these observations. Instead, they indicate that
this complex alga has evolved through a convoluted process involving much more than two partners.

Keywords: transcriptome assembly; gene expression; transcriptional regulation; ontology network;
co-expression network; taxonomic analysis; database contamination; kleptoplastidy

1. Introduction

Euglena gracilis is a secondary green alga that can grow in a wide variety of environ-
ments. E. gracilis belongs to the euglenids, a monophyletic group of free-living, single-celled
flagellates that inhabit aquatic ecosystems. Euglenids are distinguished mainly by their
unique type of cell covering, the pellicle. The latter is a complex structure composed of
proteinaceous strips covered by a cell membrane and underlain by the microtubule system
and the cisternae of the endoplasmic reticulum [1]. Together, euglenids, symbiontids (free-
living flagellates living in low-oxygen marine sediments), diplonemids (free-living marine
flagellates) and kinetoplastids (free-living and parasitic flagellates, e.g., Trypanosoma) form
the monophyletic group of Euglenozoa [2–5]. Euglenids are early diverged members of the
Euglenozoa and distant relatives to the kinetoplastids [6]. Thus, analysing E. gracilis genomic
information is a way to approach the evolution of parasitism, due to their common ancestry
with kinetoplastids [7,8]. For example, it has been shown that many additional subunits of
the mitochondrial respiratory chain previously considered exclusive to kinetoplastids are
shared with E. gracilis, and therefore cannot be associated with the parasitic lifestyle [9]. Yet,
it is worth mentioning that free-living bodonids (e.g., Bodo saltans) are better comparators
for parasitism [10,11]. The relationship between euglenids and kinetoplastids has been first
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proposed by T. Cavalier-Smith based on ultrastructural similarities (e.g., “mitochondrial
cristae shaped like a flattened disc with a narrow neck”) [12], then supported by other lines
of evidence, such as alignments of nuclear rRNA [13], the addition of a leader sequence
to nuclear pre-mRNAs [14] and the presence of trypanothione reductase in E. gracilis,
previously found only in kinetoplastids [15].

E. gracilis bears a complex plastid [16], derived from a green alga belonging to Pyra-
mimonadales, and acquired by a free living phagotrophic eukaryovorous euglenid ances-
tor [17–19]. As the result of a so-called “secondary” endosymbiosis, this chloroplast is
bound by three membranes, whereas primary plastids only have two membranes [20,21].
Whatever the specific event, endosymbiosis is accompanied by massive gene loss and gene
transfer from the genome of the symbiont to the nuclear genome of the host (Endosym-
biotic Gene Transfer or EGT) [22]. Moreover, there can be gene transfers from sources
other than the symbiont giving rise to the observed plastid [Horizontal (or Lateral) Gene
Transfer or HGT/LGT], for example, over (more or less cryptic) transient endosymbioses
(e.g., “shopping bag” [23–25] and “red carpet” [26] hypotheses). Alternatively, HGT can
occur in a, possibly ulterior, “non-endosymbiotic context” [27,28] (e.g., “limited transfer
window” hypothesis” [29]), because it may be easier to duplicate or recruit a foreign gene
for servicing the nascent plastid than to get it from the symbiont itself [30]. In any case,
both EGT and HGT have shaped the nuclear genome of photosynthetic euglenids, leading
to heavy genetic mosaicism (e.g., [7,31,32]).

Due to its great metabolic flexibility, a large number of culture media and growing
conditions have been used to study E. gracilis over the past 60 years [33–37]. Commonly, the
mineral composition remains similar from one medium to another, but three parameters
vary greatly: the pH (which can be acidic or neutral), the source of organic carbon (e.g.,
acetate, ethanol, and succinate) and the concentration of the carbon source (from 10 mM to
more than 150 mM). E. gracilis can therefore exploit a variety of organic carbon sources,
as well in the dark (heterotrophic conditions) as in the light (mixotrophic conditions),
where a high concentration of organic carbon leads to a decrease in photosynthesis by
repressing chlorophyll biosynthesis, reflecting the fact that this organism switches between
nutritional modes and combines them readily [38–40]. E. gracilis is also known for its
atypical metabolic pathways, some of them producing compounds of commercial interest.
In photosynthetic euglenoids, carbon reserves are stored in the cytoplasm in the form of
paramylon (β-1,3-glucan), in place of the starch (α-1,4 and α-1,6-glucan) typical of the
green line [41,42]. Paramylon can be used to produce bioplastics [43] and, similarly to
other β-glucans, has been reported to display some anti-tumoural activity [44]. In anoxic
(fermentative) conditions, E. gracilis has the unique ability among microalgae to convert
paramylon into wax ester compounds suitable for drop-in jet biofuels conversion because
of their low freezing point [45–47]. E. gracilis is also used as a source of dietary supplements
(e.g., the most bioactive form of vitamin E, α-tocopherol, is present in E. gracilis biomass in
a relatively high amount) [48].

Due to its evolutionary and biotechnological interests, E. gracilis is the best studied
member of the euglenids. Its chloroplast genome (143 kb) was among the first plastid
genomes ever sequenced [49], while its tiny mitochondrial genome has been recently
resolved [50,51]. To date, few studies have used high throughput sequencing technologies
to publish Omics information on E. gracilis [7,52,53]. In this respect, attempts to sequence
its nuclear genome are also very recent (initially estimated between 1 Gb to 9 Gb; see [54]
for a review). These efforts have culminated with the release of a very large (500 Mb) and
highly fragmented draft genome, as authors recalled, due to gapped contigs or unknown
base representation in half of the genome [7].

In this work, we have assembled a consensus transcriptome taking advantage of the
raw read data publicly available, including newly generated transcriptomic libraries, for
a total of five different data sources. Our assembly protocol was very thorough, with
a special emphasis on potential contaminant sequences, resulting in the most complete
transcriptome released to date for E. gracilis, according to a systematic comparison with the
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two other public transcriptomes [7,53]. After functional and taxonomic annotation of the
predicted coding sequences, we performed a comparative study of their expression level
across a range of culture conditions and studies, which allowed us to build an information-
rich network of co-expressed genes. However, these results confirm that transcriptional
control is not the primary level of genetic regulation in euglenozoans, while our taxonomic
analyses point to highly mixed gene ancestry, compatible with a kleptoplastidic phase of
plastid acquisition.

2. Materials and Methods

2.1. Data Collection

2.1.1. Public Repositories

Searching for public RNA-Seq data for E. gracilis in the International Nucleotide Se-
quence Database Collaboration (INSDC) returned eight studies. We further recovered an
additional dataset, produced and submitted to the European Nucleotide Archive (ENA)
repositories by ourselves (see Section 2.1.2 for details). Of these nine studies, only five short
read datasets (5 experiments/23 samples) that used Illumina technology to analyse whole
transcriptomes were exploitable. Among the discarded experiments, PRJEB4713 con-
tained 454 GS FLX Titanium long reads, a size that is difficult to handle by the chosen
assembler, while PRJEB21674 only included a single euglenid sample (among 1179), yet
labelled as “Euglena sp.”, PRJNA294935 primarily contained mitochondrial sequences,
and PRJNA12797 (built out of ESTs) was not accessible from public repositories. At last,
PRJDB4781 was not included because our meta-assemblies had been completed by the date
of its release (October 2019). The data files from the five retained experiments were down-
loaded using fastq-dump utility from the SRA Toolkit with -I and –split-file arguments to
divide files into forward and reverse paired reads. We also collected the two transcriptome
assemblies hitherto available, GEFR01 and GDJR01. The former was encoded under study
accession PRJNA298469, which corresponds to experiments B and C, and the latter, which
corresponds to experiment D, was encoded as study PRJNA289402. For further details on
experimental design or/and samples, see Table 1.

2.1.2. In-House Experiments, Cell Culture and Sequencing

The strain of E. gracilis (1224-5/25) was obtained from SAG (Sammlung von Algenkul-
turen Göttingen, Germany). Cells were cultured in liquid mineral medium tris-minimum-
phosphate (TMP) at pH 7.0 and 25 ◦C, supplemented with a mixture of vitamins (vitamin
B1 2·10-2 mM, vitamin B8 10-4 mM and vitamin B12 10-4 mM). In three samples, acetate
(60 mM) was added as a carbon source, under different photosynthetic photon flux densities
(PPFD, T8 fluorescent neon tubes) (in the dark, at low PPFD (50 µE m−2 s−1) or at medium
PPFD (200 µE m−2 s−1), while in a fourth sample, acetate was not supplied and light was
set to low PPFD (50 µE m−2 s−1). For each sample, the cells in the exponential phase
(1–2 × 10−6 cells/mL) were recovered by centrifugation, 10 min at 500 g. Total RNA was
extracted with the protocol outlined in [55], then fragmented and retro-transcribed before
standardization using the Duplex-Specific Nuclease kit (Evrogen, Russia). Each library was
prepared using the Illumina total mRNA kit (Illumina, San Diego, CA, USA) and quantified
by qPCR using the KAPA Library Quantification Kit (Roche, Switzerland). Subsequently,
samples were sequenced in both reading directions (paired-end 2 × 100 nt) on four separate
tracks of a high-speed sequencer Illumina HiSeq 2000, yielding on average ca. 235 mil-
lion reads per sample. Library preparation, DSN normalization and high-throughput
sequencing by Illumina technology were carried out by the GIGA genomics platform
(https://www.gigagenomics.uliege.be (accessed on 23 July 2014)). Raw reads have been
deposited at the ENA database under the study accession number PRJEB38787 (Table 1).

2.2. Data Assembly

A schematic representation of the de novo transcriptome reconstruction and analysis
pipeline is given in Figure 1. All computations were performed on a grid computer.
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Table 1. Representation of the collected data and overview of the experimental design. Exp. Code: letter assigned to each experiment
(one letter per study). Study Acc.: public accession number of the BioProject. Sample Code: first letter corresponds to the experiment,
first digit to experimental conditions of the samples, and second digit (if any) to the replicates. Run Acc.: public accession number of
read FASTQ files. Temp.: estimated Celsius degrees of cell culture temperature. Medium: type of cell culture medium, rich (R) or
mineral (M) plus carbon source (+C). Light: estimated light experimental conditions, darkness (D), low-light (LL) and high-light (HL).
Shaking: rpm of shaker incubator. Cult. Cond.: trophic regime, fermentative (F), heterotrophic (H), phototrophic (P) or mixotrophic
(M). Harvest Phase: development stage of the culture when collected, exponential phase (Exp) or stationary phase (Stat).

Exp.
Code

Study Acc.
Sample

Code
Run Acc. Temp. Medium Light Shaking

Cult
Cond.

Harvest
Phase

Reference

A PRJNA310762

A.1.1 SRR3159774 25 R + C D 0 H Exp

[7]

A.1.2 SRR3159775 25 R + C D 0 H Exp
A.1.3 SRR3159776 25 R + C D 0 H Exp
A.2.1 SRR3159777 25 R + C LL 0 M Exp
A.2.2 SRR3159778 25 R + C LL 0 M Exp
A.2.3 SRR3159779 25 R + C LL 0 M Exp

B PRJEB10085
B.1 ERR974915 21 M + C LL 0 M Stat

[52]B.2 ERR974916 30 R+C D 200 H Stat

C PRJNA298469 C.0 SRR2628535 25 M LL 0 M Stat [7]

D PRJNA289402

D.0 SRR3195326 26 R+C HL 120 M Stat

[53]

D.1.1 SRR3195327 26 R+C HL 120 M Stat
D.1.2 SRR3195329 26 R+C HL 120 M Stat
D.1.3 SRR3195331 26 R+C HL 120 M Stat
D.2.1 SRR3195332 26 R+C HL 120 F Stat
D.2.2 SRR3195334 26 R+C HL 120 F Stat
D.2.3 SRR3195335 26 R+C HL 120 F Stat
D.3.1 SRR3195338 26 R+C HL 120 F Stat
D.3.2 SRR3195339 26 R+C HL 120 F Stat
D.3.3 SRR3195340 26 R+C HL 120 F Stat

E PRJEB38787

E.1 ERR4227585 25 M LL 100 P Exp
This

study
E.2 ERR4227586 25 M+C D 100 H Exp
E.3 ERR4227587 25 M+C LL 100 M Exp
E.4 ERR4227588 25 M+C HL 100 M Exp

Figure 1. Schematic representation of our de novo transcriptome meta-assembly pipeline.
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2.2.1. Data Pre-Processing

Every raw read file (run accessions SRR/ERR) was treated as one sample, even if
two or more files were replicates of the same experimental condition. Once collected and
transformed into fastq files, all samples were treated separately. Raw reads were analysed
with FastQC v0.11.6 to assess the quality of the data [56]. PRINSEQ-lite.pl v0.20.4 was
used to remove reads that contained more than one ambiguous nucleotide [57]. Then,
Trimmomatic v0.32 was used with the following parameters (ILLUMINACLIP: TruSeq3-
PE.fa:2:30:10 SLIDINGWINDOW: 4:25 LEADING: 3 TRAILING: 3 MINLEN: 25) to truncate
the low quality regions of certain sequences and cut adapters and other Illumina-specific
sequences from the reads [58]. Output data was sorted into three different batches as
paired, unpaired and singleton reads. Finally, read quality was re-assessed using FastQC,
and the resulting plots visually compared to those obtained in the beginning to check the
effect of the filtering procedure.

2.2.2. Transcriptome Assembly

Pre-processed reads (paired, unpaired and singleton reads) were assembled per ex-
periment in two steps to yield five transcriptomes, one per experiment. We used Trinity
v2.4.0 software [59] for de novo transcriptome assembly. During the first step, samples
of each experiment were assembled four times, combining values (one/two) of mini-
mum count for k-mers to be assembled (–min_kmer_cov) with normalization turned off
(–no_normalize_reads) or on (default) to provide maximal sensitivity for reconstructing
lowly expressed transcripts. In all cases, we used the default parameters with a minimum
contig length (–min_contig_length) of 100 nt. Second, to reconstruct one single transcrip-
tome per experiment, the four assembled transcriptome replicates were pooled together
with the tr2aacds.pl script (using default parameters) from the EvidentialGene v2016.07.11
software package [60,61].

2.2.3. Transcriptome Decontamination

To ensure the purity of the five transcriptomes, we determined the guanine-cytosine
(GC) content distribution across reconstructed transcripts. Furthermore, we explored
the potential contamination of the five transcriptomes individually by comparing their
transcripts against the NCBI nucleotide database (nt) using BLASTN v2.2.28 [62,63]. We
used a conservative approach with an E-value threshold of 1 × 10−50 and an identity
threshold of 90% to maximize the identification of true matches. The best hit for each query
was selected, and the organism name (sscinames) of these top matches were collected,
tabulated and quantified. Abundant organisms other than Euglena were flagged as putative
contaminants. To obtain uncontaminated transcriptomes, the original reads were first
aligned to the corresponding genomes (downloaded from Ensembl [64] using Bowtie
2 v2.2.6 in local mode (–local –no-unal)) [65,66]. Reads for which the alignment score
exceeded the default minimal value of 20 + 8.0 * ln(L), where L is the read length, were
removed. Then, the remaining (i.e., unaligned) reads were assembled again following the
procedure described in Section 2.2.2.

2.2.4. Generation of a Consensus Transcriptome

The five resulting transcriptomes (one per experiment) were further combined and
analysed with the tr2aacds.pl and evgmrna2tsa2.pl (-onlypubset) scripts from Eviden-
tialGene to select the overall best candidate transcripts. The remaining reconstructed
transcripts were discarded because they were classified either as redundant, fragmented or
uninformative coding sequences, based on untranslated region (UTR) length, gaps, amino
acid quality, and stop and start codon presence. After reducing redundancy, Evidential-
Gene clustered the best transcripts by groups of likely isoforms using CD-HIT v4.6.8 [67,68]
and a similarity threshold of 90% on the amino-acid sequences. Sequences were considered
as true isoforms (i.e., representing the same gene) when sharing high-identity (≥98%)
exon-sized fragments, as determined with BLASTN v2.2.28 (E-value cut off of 1 × 10−19).
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Transcripts proposed by EvidentialGene as the most representative isoform for each gene
were selected for annotation (see Sections 2.4 and 2.5) and for studying gene expression
(Sections 2.6–2.8).

2.3. Assessment of Transcriptome Quality

Additional analyses were performed to determine the quality of the assembled tran-
scripts. The same set of analyses was also performed on the two other transcriptomes
publicly available (GEFR01 [7] and GDJR01 [53]) for comparison with the present study.
First, basic statistics based on the length of transcripts and the number of ORFs were
computed. Read representation was determined by mapping back the cleaned reads (see
Section 2.2.1) to each of the three transcriptomes with the aligner Bowtie 2 v2.2.6 (–local,
–no-unal) as described in [65]. Note that unpaired and singleton reads were excluded from
all quality statistics. In parallel, we used two evaluation tools, Detonate v1.11 [69] and
TransRate v1.0.3 [70], to get reference-free quality scores for the three transcriptomes.

To check the presence of the spliced leader (SL) sequence [14] in the three public tran-
scriptomes, we used wordmatch from the EMBOSS software package [71] and three length
thresholds (12, 14 and 24 nt) found in the literature [52,53]. Matches were only considered
when falling at the 5′-end of a transcript, whether in forward or reverse orientation, as
transcripts are not oriented in the transcriptomes. More precisely, each transcript was
first reverse-complemented, and both versions (forward and reverse) were truncated at
40 nt before running wordmatch. Besides, transcripts actually corresponding to rRNA
sequences were identified by combining RNAmmer v1.2 [72] and MegaBLAST v2.2.28 [62]
searches (E-value cut-off of 1 × 10−50, the latter using accessions X12890.1 (E. gracilis rrnC
operon), M12677.1 (SSU rRNA 18S) and X53361.2 (LSU rRNA 28S) as queries. Regarding
coding sequences, we estimated the numbers of putative genes with GeneMarkS-T (beta
version) [73] and measured transcriptome completeness with BUSCO v.3.0.1 [74,75] using
both “Eukaryota” and “Protists ensembl” datasets.

Lastly, we used CD-HIT-2D v4.6.8 [67,68] to identify similar predicted protein se-
quences between transcriptomes with our transcriptome as a reference. We explored
different word sizes (2 to 5) at several thresholds of sequence identity (ranging from 0.5 to
0.9). Sequences from the other two public transcriptomes that could not be clustered with
sequences of our consensus transcriptome were tentatively aligned using BLASTP v2.2.28
instead [62]. We further calculated the expression of presumably “missing” sequences
in GDJR01 (D) and GEFR01 (B-C), respectively, following the procedure described in
Section 2.5. The sequence was deemed invalid and not considered missing if its expression
was below one transcript per kilobase million (TPM) in the transcriptome from which it had
been identified. In a complementary analysis, highly similar nucleotide sequences from
the three transcriptomes were clustered all together at once using CD-HIT-EST (identity
threshold of 0.9, word size of 8, coverage of the shorter sequence of 0.9). Within each cluster,
transcripts were pooled per transcriptome and their properties used to compare the three
transcriptomes over all clusters, in terms of redundancy, length and identity. Analyses were
performed either on all clusters or only on clusters shared across the three transcriptomes.

2.4. Transcript Annotation

The annotation procedure was carried out in three steps. First, assembled transcripts
(i.e., the EvidentialGene representative isoforms) were annotated with EggNOG-mapper
v1 [76,77]. We used HMMER to compare our data with the eukaryotic database of EggNOG,
prioritizing coverage. Second, we annotated our transcripts by similarity using PSI-BLAST
v2.2.28 searches [62] (E-value cut-off of 0.001) against Swiss-Prot [78]. Third, we aligned the
assembled transcripts to the NCBI protein (nr) database [63] using TBLASTN v2.2.28 [62]
(same E-value cut-off). We recovered Gene Ontology terms (GO) [79] and Kyoto Ency-
clopedia of Genes and Genomes Orthologs terms (KO) [80] of each transcript for further
term enrichment analysis and network representation (see Section 2.7 for details). For
that purpose, EggNOG features were assigned when possible to a transcript; if annotation
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was missing, PSI-BLAST v2.2.28 annotation was provided instead, or even TBLASTN
v2.2.28 features whenever the two first previous methods failed. For mitochondrion and
plastid-specific analyses, the components of the photosynthetic and respiratory electron
transport chains were identified by BLASTP v2.2.28 searches [62] (E-value cut-off of 0.001)
against reference proteins described in the literature. Hence, respiratory subunits were
taken from [9,81,82], whereas subunits of photosystem I, photosystem II, cytochrome b6f
complex, cF1Fo ATP-synthase were sourced from [83], and LHC polyproteins from [84].

2.5. Taxonomic Analyses

Taxonomic affinities were determined based on BLASTX v2.2.28 [62] searches against a
broadly sampled proteome database, composed of 73 manually selected eukaryotes [85] and
19,802 representative prokaryotes subsampled from a curated database of 27,762 genomes [86].
For each assembled transcript, a last common ancestor (LCA) was computed based on
their closest relatives (best hits, if any) in the database, provided they had a bit-score
≥80 and were within 95% of the bit-score of the first hit (MEGAN-like algorithm [86,87]).
Organellar (plastid and mitochondrion) encoded proteins were distinguished from nuclear-
encoded proteins by querying (BLASTP) two E. gracilis organelle databases assembled from
the NCBI RefSeq “Proteins” portal [63]. To identify with certainty an organelle-encoded
protein, only hits with a minimum percentage identity of 99% and a strictly identical length
were considered. Such organelle-encoded sequences were expected at least from our own
reads, which were generated in the absence of poly-A selection.

In parallel, tetranucleotide frequencies (TNFs) were computed for individual tran-
scripts using the default settings of compseq from the EMBOSS software package [71].
Then, assembled transcripts for which a taxonomic affiliation had been obtained were
ranked following their GC content and split into four partitions of equal size in terms of
number of transcripts. Finally, ten principal component analyses (PCAs) were computed
on TNFs, each one based on 1000 randomly chosen transcripts, using the prcomp function
of the STATS v3.4.3 R base package [88]. For each PCA, two different colour schemes were
applied on data points: the broad taxonomic affiliation of the transcript LCA (divided
into four groups: Viridiplantae, Kinetoplastida, other Eukaryota and Bacteria), and the
GC-content partition of the transcript.

2.6. Expression Quantification

The abundance of assembled transcripts was estimated by using RSEM v1.2.31 [89] and
Bowtie2 v2.2.6 aligner [65,66]. Specifically, we used the align_and_estimate_abundance.pl
Perl script wrapped in the Trinity v2.4.0 software package [59]. Data was then processed
with abundance_estimates_to_matrix.pl Perl script without normalization parameters to
generate the final expression matrix. Expression values are provided in transcripts per
kilobase million (TPM) and pooled per gene (i.e., gene-level counts) [90].

Each count value was log2-transformed and converted to a Z-score to make samples
comparable (sample mean was subtracted from each sample observation and divided
by sample standard deviation). Batch effects were tentatively removed with the help of
the SVA v.3.26.0 R package [91], so as to adjust data for unwanted sources of variation.
However, such correction proved to be ineffective and thus abandoned (see Results and
Discussion). For downstream analyses, only the 2500 most variable genes were retained
(based on their expression variance across the 23 samples).

2.7. Gene Clustering Based on Expression Profiles

The 2500 most variable genes were clustered using the Partitioning around medoids
(PAM) algorithm (from the CLUSTER v.2.0.7 R package) [92], which creates a fixed number
of clusters (k) by minimizing the sum of the dissimilarities of the observations to their
closest representative object (medoid). To capture both positive and negative relationships
between gene pairs, we used a dissimilarity matrix of expression based on the squared
Pearson correlation (d = 1 − r2). The optimal cluster segregation was selected by cycling
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through the number of potential solutions, ranging from k = 5 to 75. In each solution, an
average of maximal absolute correlations within-cluster (w-k cormax) and an average of
minimum absolute correlations between-cluster medoids (b-k cormin) were computed. To
intercept the point where optimal cluster segregation occurred, a reinterpretation of the
Dunn index was used, and we computed the b-k cormin and w-k cormax ratio, choosing
the solution with the minimal ratio value. At this optimal point, decreasing or increasing
the number of cluster solutions would not better explain the data [93]. Heat map and
hierarchical clustering analyses (correlation was used as the distance and centroid linkage
clustering as the method) of expression data were carried out using the pheatmap function
from the pheatmap v1.0.12 R package [94] and, when necessary, row-wise data (gene
expression of the transcripts) was aggregated using k-means clustering to facilitate visual
inspection of expression across conditions.

2.8. Gene Ontology (Enrichment) Analyses

The clusters based on the 2500 most variable genes were further analysed to visu-
alize overrepresented biological terms using the whole GO and KEGG term space from
Section 2.4 as a background. We explored enriched pathways within the expression clus-
ters using ClueGo v2.5.0 tool [95], a visualization plug-in implemented in the Cytoscape
v3.6.0 environment [96]. Term overrepresentation was estimated by an enrichment test
based on the hypergeometric distribution followed by Benjamini–Hochberg adjustment for
multiple testing. An annotation network was built with the ClueGo plug-in from kappa
scores, which reflect the associations between genes and GO and KEGG terms. Network
specificity was set between 3 and 12 GO hierarchy levels, and term selection was set to a
minimum of 3% genes per cluster. Kappa score threshold was set to 0.3, and we allowed
GO parent-child term fusion. Moreover, we explored the network with the MCODE algo-
rithm [97], implemented as a Cytoscape plug-in, to detect densely connected regions or
hubs in the network. Those hubs were found in the network establishing a degree cut-off
of 2 for network scoring criteria, without including loops. Option Fluff was selected and
parameters for Cluster Finding panel were set at 0.1 and 0.2 for node density and node
score cut-off, respectively, a minimum of 2 edges per node of cluster cores (K-Core) and a
maximum depth of 100.

3. Results and Discussion

3.1. Data Collection/Datasets

Out of the eight datasets publicly available for E. gracilis, only four [PRJNA310762
(A), PRJEB10085 (B), PRJNA298469 (C), PRJNA289402 (D)], were retained to assemble our
consensus transcriptome, along with our own experiment PRJEB38787 (E; Table 1), which
used Duplex-Specific thermostable nuclease (DSN) normalization to avoid poly-A selection.
These five datasets totalled circa 2.6 billion raw Illumina reads (100-nt long), of which 70%
belong to our experiment. After quality treatment, between 5 and 7% of reads were lost
in experiments PRJNA310762 (A), PRJNA298469 (C) and PRJNA289402 (D), whereas the
rejection of reads was more important in experiments PRJEB10085 (B) and PRJEB38787
(E). In PRJEB10085 (B), 19% of reads were truncated as a consequence of low-quality
regions, whereas in PRJEB38787 (E), 50% of reads were discarded because of the high
number of ambiguous nucleotides, especially in reverse reads. Hence, we got 57.8 million
of good quality reads out of 62 after pre-processing of experiment PRJNA310762 (A) [7],
310 million reads out of 383 for experiment PRJEB10085 (B) [52], and 267.7 million from
experiment PRJNA289402 (D). In the latter case, we used all samples as input, whereas
Yoshida et al. (2016) only used the reads from cells grown in mixotrophic conditions to
build their assembly [53]. Finally, Ebenezer et al. (2019) used 410 million reads as input for
their transcriptome assembly, probably as the result of combining reads from PRJEB10085
(B) and PRJNA298469 [7].

After quality filtering, ca. 1.5 billion reads were retained, pre-processed read files
of each individual experiment were assembled in four replicates using Trinity and then
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condensed into one individual transcriptome per experiment using EvidentialGene, which
served as the basis for creating the consensus transcriptome (see Materials and Methods
for details). Overall, PRJEB38787 (E), PRJEB10085 (B), PRJNA289402 (D), PRJNA310762 (A)
and PRJNA298469 (C) experiments accounted for 55, 20, 17, 4, and 2% of the pre-processed
reads used for the individual assemblies, respectively.

3.2. De Novo Assembly Evaluation

3.2.1. Individual Assemblies

The presence of sequences within a data set that originate from sources other than the
sequenced sample is a known limitation of RNA-Seq experiments (e.g., [98,99] in human
datasets). For some studies, such as large-scale phylogenomics, contaminants can be very
problematic and must be dealt with using an array of different approaches [100]. Thus,
before combining the individual five transcriptomes into a final consensus transcriptome,
all assembled sequences were BLASTed against the NCBI nucleotide (nt) database [63] to
identify possible contaminants. Using stringent thresholds, we found in the five transcrip-
tomes only 948 unique hits of reconstructed transcripts that matched organisms other than
E. gracilis. These organisms were considered as possible contaminants. Among them, we
selected the five organisms whose abundance was the greatest (Homo sapiens, Saccharomyces
cerevisiae, Escherichia coli, Ovis aries and Caenorhabditis elegans). It is noteworthy that sheep
(and cow) DNA is commonly sequenced on our genomic platform. By mapping all pre-
processed reads to the nuclear genome of these five species, we found that contaminants
were less than 0.01% of the reads matching one of the contaminant genomes. In comparison,
it has been shown that 0.13% of contaminant reads were present on average in a subset of
150 sequencing data files from the 1000 Genomes Project [101]. In the case of PRJNA298469
(C), we flagged as contaminants 68 reads per million reads (RPM), a larger proportion
compared to the other experiments, which varied between 2 and 29 RPM (Table 2). Con-
taminant reads were removed and new assemblies of each experiment were generated
anew from decontaminated reads, following the same procedure as above (see Section 2.2.2
for details). Afterwards, a new BLAST analysis was performed to quantify whether the
contamination level was reduced. As expected, hits matching to C. elegans, Escherichia coli,
H. sapiens, O. aries and Saccharomyces cerevisiae decreased, while hits matching to Euglena
remained similar (Supplementary Figure S1). Besides, we traced the non-Euglena sequences
that persisted in the final consensus transcriptome presented just below (see Section 3.2.2).
Overall, from 716 unique hits of non-Euglena sequences identified with the latter BLAST
analysis, only 64 were still present in the final consensus transcriptome (see Section 3.3.2 for
details on the contamination sources). As a case in point, the complex genetic makeup of
E. gracilis (e.g., [52]) makes it difficult to determine when a sequence, even if very peculiar,
has been acquired from a very distantly related species or whether it can be a contaminant
(see also Section 3.3.2 for an attempt to differentiate the two cases). For example, the
glyoxylate cycle is localized within the mitochondria in E. gracilis and isocitrate lyase and
malate synthase form only one bifunctional enzyme, called EgGCE [102,103]. A bifunc-
tional enzyme for the glyoxylate cycle is also found in the worm C. elegans (opisthokonts),
revealing an independent acquisition of the bifunctional enzyme by convergent evolution
in these two organisms [104].

The five decontaminated individual transcriptomes were then evaluated with Tran-
sRate to check their uniformity. Four transcriptomes yielded ca. 42,342 (±6159) transcripts
on average, whilst the number of reconstructed sequences in experiment PRJEB10085 (B)
was more than twice the average, 95,490 sequences (Table 2). In addition, the computed
GC content was 58% for experiment PRJEB10085 (B), a lower percentage compared to the
other assembled transcriptomes, which was around 64%. Finally, we discovered a high
frequency of sequences under 500 nt and characterized by a lower GC content (Supple-
mentary Figure S2). After those small sequences were removed (representing 62% of the
transcripts), TransRate statistics were recomputed and yielded values more in line with
other experiments, both in terms of number of sequences (36,287) and GC content (62%).
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We could not determine what the removed sequences were by similarity searches. They
might represent some sort of artefact, contamination, or even be the result of a specific
feature of experiment PRJEB10085 (B), for example the sequencing of a different strain, i.e.,
E. gracilis var. saccharophila Klebs (SAG 1224/7a) [52], whereas the other four experiments
all used the Z strain (SAG 1224-5/25).

Table 2. Basic statistics based on transcript properties of reconstructed transcriptomes from collected data. ACC: study
accession, REF: bibliographic reference, RAW: number of downloaded reads, PRE: number of good reads after pre-processing,
CNT: number of reads removed after pre-processing considered as contamination (reads per million; rpm), SEQ: number
of transcripts, MIN: minimal sequence length, MAX: maximal sequence length, MEAN: mean sequence length, TOTAL:
combined sequence length, SEQ < 200: number of transcripts under 200 n, SEQ > 1 k: number of transcripts over 1000 nt,
SEQ > 10 k: number of transcripts over 10,000 nt, ORF: number of sequences with a predicted open reading frame, ORF (%):
for contigs with an ORF, the mean % of the contig covered by the ORF, N[z]: minimum contig length needed to cover [z]%
of the transcriptome. GC (%): percentage of guanine-cytosine content, PART and PART (%): number and percentage of
sequences contributed to the final consensus transcriptome (see below). In PRJEB10085 (B) (filtered), sequences <500 nt
were further discarded (see text).

Statistic A B B (Filtered) C D E

ACC PRJNA310762 PRJEB10085 PRJEB10085 PRJNA298469 PRJNA289402 PRJEB38787
REF [7,52,53] This study

RAW 61,531,862 383,416,636 383,416,636 27,096,926 285,148,782 1,902,226,200
PRE 57,862,467 310,302,570 310,302,570 25,244,887 267,779,751 875,299,135
CNT 740 (12 rpm) 9080 (29 rpm) 9080 (29 rpm) 1750 (68 rpm) 1191 (4 rpm) 2403 (2 rpm)
SEQ 38,559 95,490 36,287 42,363 37,425 51,021
MIN 101 101 500 101 101 101
MAX 13,929 21,744 21,744 11,354 26,839 10,795

MEAN 1043 647 1312 810 1120 610
TOTAL 40,861,413 64,426,688 47,615,807 34,438,742 42,382,170 31,671,589

SEQ < 200 4330 17,074 0 782 3051 3989
SEQ > 1 k 16,289 18,638 18,638 10,932 17,048 7104

SEQ > 10 k 4 15 15 1 13 1
ORF 24,757 29,060 27,842 27,063 24,817 26,882

ORF (%) 88% 82% 83% 89% 87% 93%
N90 576 347 654 419 606 367
N70 1140 667 1101 686 1187 528
N50 1607 1282 1574 1014 1658 753
N30 2257 2033 2243 1452 2318 1090
N10 3600 4026 3707 2358 3812 1850

GC (%) 64% 58% 62% 64% 64% 64%
PART 22,234 - 27,730 10,129 19,663 11,602

PART (%) 24.3% - 30.3% 11.1% 21.5% 12.7%

3.2.2. Final Consensus Transcriptome

To obtain our final transcriptome, we combined the individual five decontaminated
transcriptomes into a consensus transcriptome. Regardless of the aforementioned differ-
ences in the amount of pre-processed reads per dataset, the contribution of transcripts from
each study in the final consensus transcriptome was rather balanced, where PRJEB10085 (B),
PRJNA310762 (A), PRJNA289402 (D), PRJEB38787 (E), and PRJNA298469 (C) accounted for
30.3%, 24.3%, 21.5%, 12.7%, and 11.1%, respectively (Table 2). The resulting transcripts were
classified into non-redundant protein-encoding genes, and one representative isoform was
selected for each gene. Our new transcriptome was then compared with the other two pub-
licly available transcriptomes, GDJR01 (D) [53] and GEFR01 (B-C) [7] (Table 3). Ebenezer
et al. (2019) [7] used a combination of in-house generated sequences (PRJNA298469 (C))
and publicly available data from O’Neill et al. (2015) [52] (PRJEB10085 (B)) to assemble
a transcriptome. Assembly transcriptome statistics were computed with TransRate. The
overall number of sequences reported in the present work is 91,040, with N50 of 1432 nt,
whereas in GDJR01 (D), it was 113,152 (N50 1604), and 72,506 (N50 1242) in GEFR01 (B-C).
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The mean length of our transcripts was 1096 nt, a value closer to GDJR01 (D) than GEFR01
(B-C), which was ca. 200 nt smaller. The number of protein coding regions predicted by
GeneMarkS-T (58,542) and the number of open reading frames (ORF) found with Tran-
sRate (62,287) are slightly smaller than in GDJR01 (D), but about twice greater than in
GEFR01 (B-C). Our own sequences were classified into 49,922 predicted non-redundant
protein-encoding genes, which is comparable to GDJR01 (D), but almost eighteen thousand
genes more than in GEFR01 (B-C). As expected, these recomputed numbers are similar
to those reported in the original publications of Yoshida et al. (2016) [53] and Ebenezer
et al. (2019) [7]. Additionally, O’Neill et al. (2015) [52] found over 32,000 unique compo-
nents for their E. gracilis transcriptome. The total size of our consensus transcriptome is
100 Mb, whilst the size of GDJR01 (D) is 122 Mb, 63 Mb for GEFR01 (B-C) and 38.4 Mb for
O’Neill et al. (2015) [52] transcriptome. Overall, the genome size of E. gracilis has been
estimated from total DNA content to range between 1 Gbp to 9 Gbp [54]. In contrast, the
most recent estimation based on high throughput sequencing data was 332–500 Mb in
size for the whole haploid genome [7] but, because half of the genome is gapped or has
unknown base representation, the authors pointed out that this latter estimation was likely
to be approximate.

Table 3. Basic statistics of transcript properties computed for the three public transcriptome assem-
blies, including the consensus transcriptome generated in the present work, and completed with data
retrieved from the publications of Ebenezer et al. (2019) [7] and Yoshida et al. (2016) [53]. Row titles
are as in Table 2, except for CDS: number of unique coding sequences (i.e., ORFs or UNIGENEs),
GMS-T and GMS-T (%): number and percentage of predicted protein coding regions calculated by
GeneMarkS-T.

Statistic GEFR01 GDJR01 HBDM01

REF [7,53] This study
SEQ 72,506 113,152 91,040 1

MIN 202 201 201
MAX 25,763 21,553 26,839

MEAN 869 1087 1096
TOTAL 63,049,595 122,976,775 100,187,451

SEQ < 200 0 1 0 1 0 1

SEQ > 1 k 19,740 49,277 37,294
SEQ > 10 k 25 27 24

ORF 2 30,467 65,943 62,287
ORF (%) 79% 73% 85%

N90 374 523 545
N70 704 1130 965
N50 1242 1604 1432
N30 1916 2181 2049
N10 3344 3347 3410

GC (%) 61% 63% 63%
CDS 32,128 49,826 49,922

GMS-T 35,929 63,432 58,542
GMS-T (%) 49% 56% 64%

1 Submission tools for sequence repositories do not accept transcripts ≤ 200 nt. Hence, the number of sequences
in the public version of HBDM01 is lower than reported elsewhere in this work. 2 ORFs were determined with
TransDecoder, whereas CDS were determined with EvidentialGene (or a similar tool, depending on the study).

The pre-processed reads from the five experiments were aligned back to the three
public transcriptomes as a metric of completeness. In most cases, the percentage of mapping
was over 80%, reaching even more than 90%, with the exception of reads produced by
ourselves PRJEB38787 (E), which had a representation of ~75% and ~50% in GEFR01 (B-C)
and GDJR01 (D), respectively (Table 4). It is probable that our reads have a lower mapping
percentage because they were generated from DSN-normalized total RNA samples, for
which analyses of a preliminary sequencing lane revealed many reads corresponding to
non-mRNA sequences (e.g., rRNA). However, the specifically low mapping to GDJR01
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(D) cannot be explained easily because “transcripts” matching to rRNA sequences were
identified in all three public transcriptomes (Supplementary Archive File S1).

Table 4. Mapping fraction of pre-processed reads from each collected dataset (rows) to the three
public transcriptome assemblies (columns), GEFR01 [7], GDJR01 [53] and HBDM01 (this study).

Code Accession Reference GEFR01 GDJR01 HBDM01

A PRJNA310762 [7] 87.40% 92.51% 93.38%
B PRJEB10085 [52] 84.68% 90.13% 91.49%
C PRJNA298469 [7] 80.26% 91.66% 90.39%
D PRJNA289402 [53] 85.25% 95.04% 94.28%
E PRJEB38787 This study 75.28% 51.39% 80.76%

Using BUSCO on our predicted proteins, we found that the consensus transcriptome
contained 84.8% of complete eukaryotic orthologs and half of them were duplicated, while
10.6% were missing (Figure 2). In comparison, we estimated the completeness of GDJR01
(D) at 80.8% of complete orthologs, of which a fifth were duplicated, and completeness
of GEFR01 (B-C) at 76.9%, with only 4% of them duplicated. Moreover, we observed
that lower percentages of complete orthologs were accompanied by higher numbers of
fragmented and missed sequences. Overall, our consensus transcriptome appears to be the
most complete, GEFR01 (B-C) being the least. Ebenezer et al. (2019) [7] also determined
BUSCO completeness in GDJR01 (D) and GEFR01 (B-C) transcriptomes in addition to the
original transcriptome presented by O’Neill et al. (2015) [52] and similarly concluded that
GEFR01 (B-C) was the least complete transcriptome. Beyond transcripts missing due to low
expression, discrepancies in the number of complete orthologs predicted by the different
studies may also be due to the use of different tools for protein prediction. Whereas we
used cdna_bestorf.pl script from EvidentialGene, the other studies used TransDecoder [59],
which, reportedly, tends to predict larger amounts of proteins, but performs worse for true
transcripts [105]. Despite these differences, the general representation scores of the reads
in the assembled transcripts were similar across the three public transcriptomes, even if
depending on the exact evaluation software used (Table 5).

Figure 2. BUSCO-generated charts showing the relative completeness of the three public transcriptome assemblies,
GEFR01 [7], GDJR01 [53] and HBDM01 (this study). BUSCO datasets were based on odb9. (a) “Eukaryota” (303 BUSCOs);
(b) “Protists ensembl” (215 BUSCOs).
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Table 5. TransRate and Detonate assembly scores for the three public transcriptome assemblies,
GEFR01 [7], GDJR01 [53] and HBDM01 (this study). Scores indicate how well transcripts are sup-
ported by the RNA-Seq data.

Assembly Score GEFR01 GDJR01 HBDM01

TransRate Score 0.1789 0.0304 0.0430
TransRate Optimal Score 0.2051 0.1729 0.0764

Detonate Score −97,461 × 106 −97,561 × 106 −97,459 × 106

As already mentioned, one evidence supporting the evolutionary relationship between
trypanosomatids and euglenids are trans-splicing mechanisms [14]. We found that the
SL-sequence was present in no more than 10.8% of transcripts in our transcriptome, far
from the approximately 53–60% prevalence reported before [14,53], and closer to the 16%
found by [52]. However, when performing the exact same analysis on the other two public
transcriptomes, we find contrasting results, with SL-sequence matches recovered in at most
of 2% and 30.3% of GEFR01 and GDJR01, respectively (Table 6). This indicates that the
transcriptome of Yoshida et al. (2016) [53] has the most complete transcripts in 5-end, even
though our own assembly includes 200 transcripts with a full-length perfect match to the
24-nt SL-sequence (vs. 45 and 5 for GEFR01 and GDJR01, respectively). Comparison of the
mapping coverage for the three public transcriptomes shows that partial matches (12–14 nt)
are much more numerous than full-length matches, as expected, but that the former are
concentrated at the very beginning of the transcripts, which suggests that they are genuine
SL-sequences (Supplementary Figure S3).

Table 6. SL-sequence related statistics for the three public transcriptome assemblies, GEFR01 [7],
GDJR01 [53] and HBDM01 (this study). These correspond to exact matches limited to the first
40 nucleotides of each transcript.

Threshold (nt) Statistic GEFR01 GDJR01 HBDM01

24

Forward matches 24 5 86
Reverse matches 21 0 114

Total matches 45 5 200
Average length (nt) 24.00 24.00 24.00

14

Forward matches 176 16,580 3370
Reverse matches 200 12,999 3265

Total matches 376 29,579 6635
Average length (nt) 16.28 15.57 15.59

12

Forward matches 749 18,322 4403
Reverse matches 766 16,016 5397

Total matches 1515 34,338 9800
Average length (nt) 13.37 15.19 14.68

Finally, we determined whether sequences of the other two available transcriptomes
were present in our consensus transcriptome through two complementary approaches:
one pairwise, sensitive and based on protein sequences, and one global, conservative and
based on nucleotide sequences (Supplementary Table S1b). First, when using CD-HIT-
2D with our transcriptome as a reference, a word size of 2 and an identity threshold of
0.4, 26.1% (34,490) of total sequences from GDJR01 (D) were missing and 37.6% (28,552)
of total sequences from GEFR01 (B-C). Missing sequences were BLASTed (TBLASTN E-
value cut-off of 0.001) against our transcriptome, and 20.5% (27,152) of total sequences
of GDJR01 (D) were recaptured and 24.8% (18,870) of GEFR01 (B-C) (Supplementary
Table S1a). After computing TPM values using the pre-processed reads generated in this
study, we found that only 518 missing sequences of GDJR01 (D) were expressed above
1 TPM and 1595 in GEFR01 (B-C), which means that potentially 0.5% and 2% of the truly
expressed sequences from GDJR01 (D) and GEFR01 (B-C), respectively, are missing from
our consensus transcriptome. Hence, these sensitive analyses suggest that we captured
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more than 98% of the sequences produced in the other transcriptomes hitherto published.
Second, CD-HIT-EST was used to compute clusters of related transcripts at an identity
threshold of 90%. We recovered 121,851 clusters, in which the three transcriptomes had
very similar patterns of presence and representation (Supplementary Table S1b). Hence,
each transcriptome had at least one transcript in 60,220 to 66,041 clusters, whereas they each
provided the representative (longest) sequence in 39,434 to 41,610 clusters. Singleton cluster
statistics were slightly different, with GEFR01 having 29,997 specific clusters, followed
by GDJR01 (27,058) and then our own transcriptome (19,028). When focusing on the
24,164 clusters shared between the three transcriptomes, we see that our transcriptome
contributes the highest number of representative sequences, which confirms that they
are generally longer than their homologues in the other two transcriptomes. This is also
visible in a direct comparison of the mean an maximum transcript length across the three
transcriptomes, whether on the 121,851 or the 24,164 clusters (Supplementary Figure S4).
In contrast, comparison of the median and max identity between transcripts of the three
datasets reveals that GEFR01 sequences are the most similar on average to the sequences
from the two other transcriptomes. They are also the less redundant, with the lowest
number of transcripts per cluster.

Altogether, these comparative analyses indicate that the three publicly available
transcriptomes each have a distinct edge on the other two: Ebenezer et al. (2019) [7]
assembled a compact set of sequences nonetheless providing a large fraction of unique
transcripts, whereas Yoshida et al. (2016) [53] obtained a more redundant transcriptome,
but with many transcripts complete at their 5-end, as evidenced by the detection of SL-
sequences, and for our part, we generated the longest transcripts on average, including a
few hundred featuring a full-length SL-sequence, with moderate redundancy.

3.3. Global (Transcriptome) Annotation

3.3.1. Functional Annotation of Transcripts

The combination of annotation strategies in our 49,922 predicted non-redundant
protein-encoding genes yielded 9916 sequences with GO terms, 7775 KEGG orthologs,
13,298 sequences with a functional annotation and 13,850 with a taxonomic affiliation
(Supplementary Table S2; see also Section 3.3.2). In the same way, O’Neill et al. (2015) [52]
found 14,389 proteins with annotated functions out of the 32,128 predicted proteins of their
transcriptome, whereas out of the 49,826 unique components reported by Yoshida et al.
(2016) [53], approximately 11,314 were functionally annotated. Ebenezer et al. (2019) [7]
annotated over 19,000 sequences, but without discerning what kind of attributes were
associated in each case.

In comparison to the annotation performed in the other transcriptomes, we were able
to find all the enzymes of the mevalonate pathway, including the diphosphomevalonate
decarboxylase (EC 4.1.1.33), which was missing in the work of O’Neill et al. (2015) [52],
thereby revealing that the last reaction is catalysed by a canonical enzyme. Regarding
the carbohydrate-active enzymes, we found results similar to those outlined by O’Neill
et al. (2015) [52]. Hence, we identified a great number of glycosyltransferases (311) and
glycoside hydrolases (80), of which a quarter (19) were different types of glucanases
(Supplementary Table S3). Corroborating the results of Yoshida et al. (2016) [53], we found
two transcripts encoding glucan synthases, but could not identify transcripts encoding a 1,3-
β-D-glucan phosphorylase, despite that such an enzyme has been previously characterised
biochemically [106,107].

In E. gracilis, the photoreceptor is considered by some authors to be a rhodopsin-like
protein where the retinal chromophore is a carotenoid [108]. We found five enzymes
involved in retinol metabolism (EC 2.3.1.76; EC 3.1.1.64, EC 2.3.1.135; EC 1.1.1.105, EC
1.3.99.23) but, in line with Ebenezer et al.’s (2019) [7] findings, we could not find any
rhodopsin-like protein candidates. Instead, we found 47 genes involved in visual per-
ception processes (GO:0007601) and, more broadly, 333 genes related to photoresponse
(Supplementary Table S4), including 13 cAMP/cGMP phosphodiesterases involved in
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amplification of luminous signal, 15 GTPase regulators, nine arrestins, which are important
for regulating signal transduction at G protein-coupled receptors, eight cryptochromes,
and three cyclic nucleotide-gated channels of rod photoreceptors. In addition, we found
13 proteins of the paraflagellar rod, a structure observed in euglenids, kinetoplastids and
dinoflagellates [109–111]. Such a structure is associated with the paraflagellar body (also
called paraxonemal body, PAB) in E. gracilis [112]. We also found 49 transcripts coding for
photoactivated adenylate cyclases (PAC), which are light-sensitive proteins of PAB [113].
Of these, 43 clearly show a bacterial affinity in our analyses, whereas two are highly similar
two trypanosomatid sequences [114].

To better understand the general functionality of the consensus transcriptome, we
reported the GO annotation results as high-level terms of the three ontologies without the
detail of the specific fine-grained terms. For such a task, we used the generic GO Slim
Mapper tool of The Saccharomyces Genome Database [115], and the list of summarized
GO terms (GO slim) can be found in Supplementary Table S5. As we used a compendium
of culture conditions, we expected to capture the sum of functionalities represented by the
studies individually. We found a total number of 164 GO terms after GO slim analysis,
represented by core metabolism (41), transport (13), cell organization (15) and maintenance
(25), nucleotide metabolism (35) and protein synthesis (17), vesicle or cilium organization
(15) among others. The annotation from O’Neill et al. (2015) [52] was classified into 157 GO
categories while Yoshida et al. (2016) [53] determined, under mixotrophic conditions, that
the main functional categories were genetic information processing (399 components),
translation (291 components), and energy metabolism (239 components). Besides, genes
belonging to the latter three categories were generally down-regulated during anaerobic
treatment [53]. In the same way, Ebenezer et al. (2019) [7] indicated that major categories
were dominated by core metabolic, structural and informational process supergroups,
consistent with the current work and previous studies [52,53].

3.3.2. Taxonomic Annotation of Transcripts

As a complex alga resulting from a secondary endosymbiosis between a euglenozoan
host and a chlorophyte alga, E. gracilis bears genes from multiple origins [16,25]. In terms
of sequence similarity (and depending on the current sampling in reference organisms),
its nuclear genome is expected to be composed of four main gene classes: (i) Euglena-
specific genes, (ii) kinetoplastid-specific genes, (iii) eukaryotic genes (i.e., widespread in
other eukaryotes), and (iv) (green) genes acquired during the secondary endosymbio-
sis [31]. Over the last fifteen years, this issue has been extensively studied, both using
similarity [52,53] and phylogenetic [7,9,31,32,116–119] approaches, either at small (i.e.,
targeted subsets) [9,116–118] or larger (i.e., transcriptomic) scales and, when at larger
scale, either by focusing on the chloroplast [119] or by surveying “unbiased” transcript
collections [7,31,32,52,53]. All these studies have revealed that E. gracilis display sequence
similarities to a panel of organisms that is larger than predicted by a simple theory of
secondary symbiogenesis [120,121]. Unsurprisingly, our large-scale similarity analyses
of the consensus transcriptome confirm the results of these previous works (Figure 3).
A first observation is that only 28% of the predicted non-redundant protein-encoding
genes (13,850 out of 49,922) bear any exploitable similarity with sequences in reference
databases. Among those, 937 (7%) correspond to organisms to which we could not assign a
specific taxon, whereas 4054 (29%) were only identified as “Eukaryota”. The remaining
gene similarities are distributed among kinetoplastids (1364, 10%), green plants (977, 7%)
and other subgroups of eukaryotes, whether photosynthetic, such as cryptophytes (530,
4%) and haptophytes (468, 3%), or not, e.g., opisthokonts (947, 7%). Bacterial groups
account for 1690 transcripts (12%), among which the most prominent are proteobacteria
(34% of bacteria) and cyanobacteria (212, 13%). Only 40 (2%) and 15 (0.9%) transcripts are
affiliated to the PVC group or Chlamydiae, respectively [122]. As expected [31], focusing on
119 nuclear-encoded genes involved in mitochondrial and photosynthetic electron transfer
chains increases the similarity signal in favour of kinetoplastids (20 out of 86, 22%) and
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green plants (20 out of 33, 58%), respectively (Supplementary Figure S5; see also HTML
Supplementary Files S2 and S3).

Figure 3. Taxonomic analysis of reconstructed transcripts (BLASTX MEGAN-like affiliations). The Krona chart is a zoom on
the 13,850 transcripts to which a taxonomy could be associated, i.e., 28% of the 49,922 reconstructed transcripts. Among this
classified fraction, 937 (7%) correspond to organisms to which we cannot assign a specific taxon (“other cellular organisms”).
The thin blue slice is labelled “Archaea” (0.2%). The interactive chart is available as HTML Supplementary File S1.

Similarly to other complex algae (e.g., cryptophytes and chlorarachniophytes [123],
ochrophytes and haptophytes [124,125]), E. gracilis transcriptomes show a heavily mixed
ancestry in terms of gene donor lineages. However, it is a known (yet somewhat neglected)
issue that publicly available transcriptomes can be contaminated by foreign sequences
because of ecology (e.g., predator–prey, host–parasite or symbiotic relationships), or due to
cross-contamination (either in the lab or on sequencing platforms) (see [126] and references
therein). That is why we exerted special care to avoid including non-Euglena transcripts
when assembling the five individual transcriptomes (see Section 3.2.1). In our final consen-
sus transcriptome, we still identified 64 sequences as contaminants, of which 23 are false
positives, owing to strong sequence similarity with different kinetoplastids (9 transcripts),
green plants or algae (7), or non-green microalgae (7). Since the transcriptome had already
been publicly released at the time, the other 41 remaining sequences were retained in
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subsequent analyses, but tagged as contaminants (Supplementary Table S6). Moreover, we
used the taxonomic annotation of the 13,850 annotated transcripts to determine whether
contaminants could be identified by their base composition pattern (see [127] and refer-
ences therein). To this end, PCA plots were computed based on transcript tetranucleotide
frequencies. Two types of colour annotation were then applied: one following a scale
of GC-content and one following the taxonomy (Supplementary Figure S6). It appears
that the taxonomic signal is mixed throughout these PCAs, whereas GC-content clearly
corresponds to the PC1 axis. Thus, it was not possible in our case to identify and sort out
contaminated transcripts (if any) from Euglena transcripts with this approach.

3.4. Systematic Functional Annotation of Top Differentially Expressed Genes

To better understand the functional organization of the most relevant E. gracilis genes
under the assayed culture conditions, we computed a network of ontologies, based on
transcript expression levels across all samples and studies (Supplementary Table S7). For
this purpose, we only selected GO and KEEG terms that corresponded to the 2500 most
variable genes (in terms of expression) to determine which biological functions were
represented and how they were related to each other. The resulting organized network
contained 119 nodes, with an average of nine neighbours per node, and 436 genes from
the initial 2500 genes were retained (some genes being part of multiple hubs). We then
used the MCODE algorithm to find evidence of higher order organization (Figure 4).
The network was composed of nine modules (or hubs), each defined by one ontological
category (Supplementary Table S8). Hub number 1 (72 transcripts) reflects “regulation of
DNA damage checkpoint”, with transcripts involved in apoptosis, control of transcription
and other developmental processes. Unlike hub number 7 (see below), hub 1 has a stress
response component. Hub 2 (191 transcripts) is the largest hub, and comprises genes
involved in translational initiation and termination, or protein targeting to a membrane, and
is thus defined by “ribosome” terms. Hub 2 is connected to hubs 3, 5 and 6 in the network.
Categorized as a “thylakoid” hub, hub 3 (133 transcripts) is the second largest hub. It mainly
comprises photosynthetic electron transport chain transcripts and other components that
respond to light stimuli. According to taxonomic annotation, the majority of the genes
represented in this hub come from green organisms. Transcripts involved in protein
kinase activity were found in Hub 4 (23 transcripts), defined as “cyclin-dependent protein
serine/threonine kinase regulator activity”. Hub 5 (25 transcripts) corresponded mainly
to processes involved in genetic information processing, such as spliceosome, exosome,
chromosome-associated proteins, or chaperones. Hub 6 (79 transcripts) is defined by several
categories related to mitochondrial protein complexes and mitochondria transport, and has
a central position in the network (connections to hubs 1, 2, 3 and 8). Hub 7 (46 transcripts)
was defined by “DNA integrity checkpoint” ontology terms and consisted of cell cycle
processes, such as transition from G1 phase to S or the previously mentioned DNA integrity
checkpoint. Hub 8 (53 transcripts) was categorized as “response to temperature stimulus”
and was composed mainly of transcripts that encode heat shock proteins. Components
of hub 9 (22 transcripts) were related to “negative regulation of translation”. Overall,
our 2500 most relevant genes appear to be distributed around the central role of the
mitochondrion, whose origin traces back to the euglenozoan host cell [31]. In this respect,
our taxonomic analysis specifically revealed that more than 10% of genes are related to
kinetoplastids (the closest available proxy for the host cell) in all hubs, except for hub 3,
categorized as “thylakoid” (Supplementary Table S9).

3.5. Cluster Annotation Enrichment Analysis and Gene Co-Expression

From the same top 2500 variable genes, we identified positive and negative rela-
tionships between pairs of genes based on gene expression. We tried to capture genes
that behave conjointly across the various experimental conditions and group them into
clusters. According to our expectations where a gene would be binary regulated (up or
down), the optimal k solution should range between 25 (32) and 213 (8192) (accounting
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for 5 to 13 distinct experimental conditions with a total sample number of 23; see Table 1).
We computed the optimal number of clusters and determined that 36 clusters was the most
suitable solution for the selected genes (Supplementary Figure S7). To better understand
the underlying biological processes inside the clusters, ontologies that were overrepre-
sented were extracted and analysed. Only five out of the 36 clusters were characterized by
significantly overrepresented ontological terms (Supplementary Table S10). In total, those
five clusters were composed of 631 transcripts out of the 2500 initially used for clustering,
and 52% of them had at least one annotation attribute. Their expression can be visualized
in hierarchically clustered heat maps (Figure 5).

Results from the enrichment tests revealed that “nucleosome category” was overrep-
resented in cluster 1, which contains transcripts of the “DNA damage checkpoint” and
“ribosome” hubs of the ontological network, hub 1 and 2, respectively (see above). These
transcripts encode histones, and core components of “nucleosome”, that participate in
wrapping and compacting DNA into chromatin. The observation that DNA packaging,
transcription and translation shared the same gene expression pattern may be relevant
because in euglenids, as well as in dinoflagellates, chromosomes are permanently con-
densed [128]. Furthermore, transcripts encoding different components of the chloroplast
reaction centres of hub 3 were also found in this cluster. This cluster was characterized by a
larger down-regulated expression in PRJEB38787 (E), while other experiments were slightly
over and under zero. Cluster 4 was enriched in “photosynthetic electron transport” and
“DNA damage checkpoint” related terms mainly present in hub 3, with several transcripts
encoding ATP synthase subunits in the former and cell cycle and apoptosis regulator
proteins in the latter. Gene expression in cluster 4 was homogeneous with values ranging
between one or minus one, except for a group of genes greatly down-regulated in studies
PRJNA310762 (A), PRJEB10085 (B), PRJNA298469 (C), and likely to be not expressed in
such experiments. About a third of the transcripts from cluster 19 encode different types
of serine/threonine proteins and are ontologically typified by “cyclin-dependent protein
serine/threonine kinase regulator activity”, which are processes closely related to cell
cycle regulation. Their expression was slightly negative in the experiment PRJEB38787
(E) and positive in PRJEB10085 (B) while it remained unaltered in the rest of the experi-
ments. “Neuroblast proliferation” and “neuroblast division” categories illustrated cluster
24, which, considering the unicellular nature of E. gracilis, was more likely to be related to
cytoskeletal structure of eukaryotic cells formed during cell division or cell polarity than
regulation of neurogenesis. In study PRJNA289402 (D), ABC transporters, fatty acid and
polyketide synthesis were more down-regulated than in the remaining studies. Lastly,
cluster 25 was enriched in “positive regulation of mitochondria organization” due to the
presence of putative mitochondrial heat shock proteins that were co-regulated across stud-
ies. Besides, expression of cluster 25 was disparate for PRJNA289402 (D), compared with
the other studies. A main difference was a group of transcripts largely downregulated in
the PRJNA289402 (D) experiment, while they were upregulated in the remaining studies.
Those transcripts putatively encode different components of the nitrogen metabolism,
some chloroplastic electron transport chain components and ATP-dependent RNA helicase.
A few transcripts related to cell cycle and translation, present in the annotation network,
were found in cluster 25.

The cluster patterns reported above show that expression is driven by study rather
than experimental conditions of the studies. Even if disappointing, these findings were
similar after the tentative SVA correction of the batch effect present in the studies (Supple-
mentary Figure S8). Presumably, our approach was not able to properly capture the batch
effect, maybe due to an unbalanced batch-group design of the studies [129]. Nonetheless,
we observed that a selection of 133 genes, coding for the components of the photosynthetic
and respiratory electron transport chains, were grouped together. This subset of genes,
located in the chloroplast and in the mitochondrion, respectively, was selected because
most of the experimental conditions (light/dark, presence or absence of acetate in the
medium, oxic/anoxic environment) of the studies were expected to affect respiration and
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photosynthesis. As illustrated in Figure 6, the expression of these genes is also driven
by the study rather than by the reported physico-chemical parameters of each experi-
ment. Yet, most components of the mitochondrial electron transport chain among the
133 selected genes were grouped together after hierarchical clustering of their expression,
while chloroplastic components exploded into different subgroups. Concretely, genes
coding for light-harvesting complexes grouped together distantly from other chloroplastic
components. These transcripts are nuclear-encoded and showed a taxonomic affinity to
Streptophyta (Supplementary Table S11).

Figure 4. Annotation network of ontological terms showing the functional organization and relationships between the
2500 most variable genes. GO and KEGG terms were considered as a large pool in which the genes could be associated with
0 to N terms. Such associations served as the basis to infer the network (see text). Colours correspond to ontological terms
(or groups of related ontological terms).
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Figure 5. Selected co-expression clusters computed on the 2500 most variable genes. Only the five clusters characterized by
significantly overrepresented ontological terms (featuring 631 transcripts) are shown. Heat maps and trees regroup samples
behaving similarly across genes on the horizontal axis and genes behaving similarly across samples on the vertical axis;
gene expression is vertically clustered to facilitate visualization (see text). Samples are colour-coded both by condition
(F = fermentative, M = mixotrophic, H = heterotrophic, P = phototrophic) and by study (A = PRJNA310762, B = PRJEB10085,
C = PRJNA298469, D = PRJNA289402, E = PRJEB38787). (a) Cluster 1; (b) cluster 4; (c) cluster 19; (d) cluster 24; (e) cluster 25.
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Figure 6. Expression heat map of 133 genes involved in electron transport chains. Heat maps and trees regroup samples
behaving similarly across genes on the horizontal axis and genes behaving similarly across samples on the vertical axis (see
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text). Samples are colour-coded both by condition (F = fermentative, M = mixotrophic, H = heterotrophic, P = phototrophic)
and by study (A = PRJNA310762, B = PRJEB10085, C = PRJNA298469, D = PRJNA289402, E = PRJEB38787). Genes are
colour-coded by organelle (CP = chloroplast; MT = mitochondrion).

Overall, our last analysis indicates that genes that share common metabolic functions
are packed together, as would be expected, even though the expression is driven by study
rather than culture condition. Beyond the technical issues that may have contributed to a
loss of exploitable signal (e.g., heterogeneous experimental “design”, see Table 1, uncor-
rected batch effects), these negative results can also be interpreted as additional evidence
for the idea that, similar to what is known in trypanosomatids, nuclear gene expression in
E. gracilis is not primarily regulated at the transcriptional level. In these parasites, gene reg-
ulation mostly occurs at the post-transcriptional level, through stabilization/degradation of
mRNA molecules and control of mRNA translation (see [8] for a recent review of the issue).
While the former mechanism should in principle change transcript abundance, the latter
one might not be visible in comparative transcriptomics. For example, Yoshida et al. (2016)
observed little change at the transcriptomic level following anaerobic treatment. More-
over, these changes in gene expression were inconsistent with respect to the activation of
paramylon degradation and wax ester production [53]. In a more systematic investigation,
Ebenezer et al. (2019) reported a striking lack of correlation between transcriptomic and
proteomic data when comparing light and dark conditions [7]. As already mentioned, the
raw transcriptomic data from these two studies were included in the present work (along
with those of O’Neill et al. (2015) [52] and our own data), which allowed us to compare
gene expression across a wider range of culture conditions at once. A few meaningful
clusters of genes (i.e., following functional term enrichment) could be identified based on
shared expression patterns across samples, which suggests that there is some biological
signal in transcript abundance. However, the dominance of batch effects on these levels
further questions the usefulness of transcriptomics for functional studies in E. gracilis.

4. Conclusions

Owing to its singular evolutionary origin, a merger between a chlorophyte alga and a
phagotrophic unicellular belonging to a non-model eukaryotic group [20], E. gracilis is a
fascinating, multifaceted chimeric organism, whose significance is constantly growing in
domains as varied as the production of bio-based products [43], the treatment of wastewater
([130]), the provision of food supplements for space exploration [131], or the elucidation
of mechanisms it shares with its parasitic trypanosome cousins [8,9,15] (see also the other
articles of the present Special Issue).

By building a consolidated transcriptome of this photosynthetic eukaryote, we aimed at
providing a solid resource to the community, taking into account previous work [7,52,53], yet
enriched with unreleased data (obtained back in 2012–2014; Supplementary Figure S9) [132].
Our final consensus transcriptome comprises 91,040 unique transcripts and 49,922 predicted
non-redundant protein-encoding genes. It appears to be the most complete up-to-date,
at least according to sequence metrics, the number of universal orthologs found, read
percentages supporting the assembly, and the fact that most of the E. gracilis sequences
available to date have been included. Hence, we have been able to capture more than
98% of the sequences produced in the other transcriptomes hitherto published, while the
number of predicted genes is in the same range [7,53]. This suggests that there was still
some room for improvement, contrary to expectations for the opposite [7], and it might
be related to the inclusion of reads obtained without poly-A selection, but following DSN
normalization.

Annotating these transcripts, whether from a functional or taxonomic point of view,
remains a challenge, notably because of the lack of well-characterized closely related
organisms, the trypanosomes being relatively derived parasites [133]. This results in a
mere 26–27% of our predicted genes annotated by sequence similarity, above the 23% of
Yoshida et al. (2016) [53], but below the 45% of O’Neill et al. 2015 [52] and the 52–55% of
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Ebenezer et al. (2019) [7], who further considered orthogroup sharing as annotation. In
principle, this should encourage more large-scale studies, e.g., comparative transcriptomics
performed in a wide range of culture conditions and stresses, in order to build a reliable
gene expression network from co-expression data, and thereby provide alternative means
for annotating genes of unknown function. Alas, as it now appears quite clearly, gene
expression is mostly controlled at the post-transcriptional level in euglenozoans [7,8],
including the regulation of chloroplast development in photosynthetic euglenids [134].
This implies that functional studies in E. gracilis have to be carried out through proteomics
rather than transcriptomic approaches (e.g., [119,135]). This is fully possible considering the
availability of several high-quality transcriptome assemblies to feed reference databases for
proteomic fragment identification, including the one presented in this work. In this respect,
the unfortunate lack of a complete genome beyond the draft level, even if frustrating, is
not an insuperable issue [7].

Regarding the highly mixed taxonomic affinities of Euglena transcripts, our similar-
ity searches yielded proportions in line with previous studies, even when those studies
were based on more reliable phylogenetic approaches [136], such as the comprehensive
work of Ebenezer et al. (2019) [7]. Altogether, the current knowledge points to the “shop-
ping bag” [23–25] (or “red-carpet” [26]) model for the evolutionary origin of Euglena, i.e.,
transient endosymbioses during which multiple rounds of HGT/EGT have progressively
shaped the plastid proteome. Yet, it is noteworthy that such a gene mixture would also
be compatible with a kleptoplastidic origin for photosynthetic euglenids, in which the
transient “endosymbioses” would actually imply stolen plastids and not intact symbionts.
Moreover, some predatory euglenids, such as Peranema trichophorum, can feed either by
phagocytosis of whole cells or by drilling a hole in their prey and then sucking up its cellular
contents [137], a process known as myzocytosis [138]. Beyond providing a selective force
for transferring genes to the host nucleus to service the ingested plastids, as in the recently
characterized ARS (Antarctic Ross Sea) dinoflagellate bearing haptophyte-derived klep-
toplastids [139], a kleptoplastidic model would also better fit the three membranes of the
euglenid chloroplasts [20,140] and the presence of kleptoplastids acquired by myzocytosis
in the early branching Rapaza viridis [141].

Supplementary Materials: The following are available online at https://www.mdpi.com/article/
10.3390/genes12060842/s1. Figure S1: Taxonomic distribution of best BLAST hits before and after
decontamination. Figure S2: GC-content distribution across reconstructed transcripts and in function
of transcript length. Figure S3: Mapping coverage analysis for the 24-nt SL-sequence on the 5-end
of the transcripts. Figure S4: Comparison of transcript count, length and identity over clusters of
highly similar transcripts. Figure S5: Taxonomic analysis of reconstructed transcripts corresponding
to mitochondrial and photosynthetic electron transfer chains. Figure S6: PCA plots computed
on the tetranucleotide frequencies of taxonomically annotated reconstructed transcripts. Figure S7:
Correlation values for a range of cluster solutions. Figure S8: PCA plots computed on gene expression
before and after SVA batch effect correction. Figure S9: Quality-control of the total RNA prepared in
our lab. Table S1a: Pairwise overlap between the new consensus transcriptome and two publicly
available transcriptomes. Table S1b: Global overlap between the three public transcriptomes. Table S2:
Annotation of the 49,922 predicted non-redundant protein-encoding genes. Table S3: List of 392 genes
corresponding to carbohydrate-active enzymes. Table S4: List of 380 genes involved in visual
perception processes and photoresponse. Table S5: List of 164 GO slim terms generated by the
Slim Mapper tool. Table S6: List of 64 possibly contaminant transcripts persisting in the final
consensus transcriptome. Table S7: Expression values in transcripts per kilobase million (TMP) for
the 49,922 genes. Table S8: Composition of the 9 hubs in the ontology network. Table S9: Taxonomic
analysis of the 9 hubs in the ontology network. Table S10: Composition of the 5 clusters in the gene co-
expression network. Table S11: Expression values (in TPM) of 133 genes involved in photosynthetic
and respiratory electron transfer chains. Archive file S1: RNAmmer and MegeBLAST reports
for rRNA sequences. HTML file S1: Interactive Krona chart for the taxonomic affiliations of the
49,922 genes. HTML file S1: Krona chart for the nuclear genes involved in the mitochondrial electron
transfer chain. HTML file S3: Krona chart for the nuclear genes involved in the photosynthetic
electron transfer chain.
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