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Preface to ”Veterinary Microbiology & Parasitology”

Numerous pathogens, both microscopic and macroscopic, affect animal species of veterinary

relevance, including companion animals, livestock, and exotic animals. The term pathogen was

originally referred to infectious microorganisms, such as viruses and viroids, bacteria, fungi, and

protozoans. While prions do not contain genetic materials, they are transmissible and are often

classified as pathogens. The modern concept of pathogens includes both infectious microbes and

macroscopic parasites. The scientific disciplines that study microscopic organisms of veterinary

significance are generally classified as veterinary microbiology, while parasitology refers to the

scientific study of parasites and their hosts. However, the boundaries between these two scientific

disciplines are not always rigidly defined. For example, some single-cell microscopic protozoan

pathogens behave much like infectious microorganisms, but they belong to eukaryotic phyla and

are often the subject of parasitology studies.

Animal pathogens affect animal health and wellbeing and production efficiency. These

pathogens also have a considerate impact on social economics, food safety and security, and

human health. Numerous historical events have demonstrated the extreme negative potential of

infectious pathogens on animal health and wellbeing. For example, the recent high pathogenic

avian influenza outbreak in the U.S. resulted in the depopulation of 7.5 million turkeys and 42

million chickens. The birds infected by high-risk virus pathogens had extremely high morbidity and

mortality; and associated economic losses reached billions of dollars. In addition to infectious viral

agents, many parasite species are deleterious to human and animal health and agricultural efficiency.

Approximately 70% of production animals in developing countries are estimated to experience severe

parasite transmission. In ruminants, parasitic infections result in a liveweight reduction up to 14%

and milk yield reduction up to 2.2 kg milk/cow per day. Parasitism is not just a disease affecting

productivity, but also a leading cause of mortality in young animals. The annual losses of crop yield

due to parasitic nematodes are approximated 12% of the total, over 100 billion USD. As a result,

parasitism represents one of the key factors threatening global food availability.

Studies of pathogens of veterinary significance do not just result in a better understanding of

animal diseases and promote animal welfare, but also inspire the discovery of new human pathogens

and improve human health. It is the pioneer work in dissecting etiology of avian sarcoma that

led to the discovery of multiple important human oncogenes, such as MYC and JUN. The causal

association between rotaviruses and diarrhea was first discovered in calves, long before they were

identified as main causal agents for diarrhea in infants and children around the globe. Unfortunately,

the significance and importance of many studies on animal pathogens and their profound impact on

medicine and public health are not widely appreciated outside the veterinary community.

Infectious diseases that originate from both domestical animals and wildlife represent one of

the greatest threats to human health, as evidenced by the devastating consequence of the COVID-19

pandemic. Each year, over 1 billion cases of human illness are attributable to zoonotic pathogens. As

a result, identifying wild reservoirs of zoonotic pathogens has been an urgent public health priority.

Recent studies show that domesticated species harbor approximately 84 times more zoonotic viruses

than wild species. Eight of the top 10 mammalian species with the highest number of zoonotic viruses

are domestical, such as pigs, cattle, and horses, each with 31 zoonotic viruses, followed by sheep,

dogs, goats, cats, and camels. Moreover, many of animal parasites are also zoonotic, constituting an

additional burden on human health.
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Furthermore, the rapid emergence and spread of drug resistant pathogen strains are alarming.

Climate changes will undoubtedly alter the interactions between animals and between animals and

humans, which will have a considerate impact on the transmission rate of existing pathogens and the

emergence of new pathogens or the reemergence of old pathogens.

This special collection covers a broad range of research topics, which likely represent frontiers

in the contemporary veterinary microbiology and parasitology. The host species under investigation

included wild animals (rodents), companion animals, such as dogs and horses, and livestock species,

such as camels, poultry, ruminants, and swine. Almost all major pathogen types, including viruses,

bacteria, mites and flies, protozoans, and helminths, have been discussed. The tools and approaches

used range from epidemiological survey, immunology, to cutting-edge microbiome studies and

metabolomics. This collection provides a broad knowledge base that will encourage dialogue and

enhance interactions across the wide distribution of the research community in microbiology and

parasitology.

The highest proportion of zoonotic viruses have been identified among species in the order

Rodentia, followed by Chiropetra, and Primates. Many rodent species are hyper-reservoirs, carrying

between 2 and 11 zoonotic pathogens, including viral pathogens and zoonotic helminths. Kalogianni

and colleagues present a review article on Maedi-visna (MV) in sheep, a disease caused by

maedi-visna virus, a small ruminant lentivirus (SRLV). The predominant clinical manifestations of

MV are pneumonia and mastitis. MV has a worldwide distribution with distinct viral transmission

patterns. Nevertheless, the prevalence rate of MV has been increasing globally. Currently, gaps in

understanding the epizootiology of MV, the continuous mutation of existing and the emergence of

new SRLV strains, lack of an effective detection protocol, and the inefficiency of preventive measures

render the elimination of MV an unrealistic target. Therefore, modifications on the existing MV

surveillance and control schemes on an evidentiary basis are necessary. Updated control schemes

require the development of diagnostic protocols for the early and definitive diagnosis of SRLV

infections. These authors summarize the current knowledge in the epizootiology and control of MV

in dairy sheep and describe the research framework to close existing knowledge gaps. In another

report, Piegari and colleagues conduct a pathological and microbiological evaluation of ”sudden

and unexpected death (SUD)” cases in young dogs. They conclude that viral infection with Canine

parvovirus type 2 is the most common cause of SUD.

When pathogenic bacteria, such as staphylococci, streptococci, Gram-negative bacilli, and

anaerobes, enter the animal’s body and multiply, they directly disrupt the normal function of the cells,

tissues, or organs involved. The toxins released by these infectious agents can also result in harmful

effects, affecting animal health and wellbeing. Furthermore, numerous bacteria are zoonotic. In

this collection, at least two bacterial-related diseases are discussed. Anaplasma phagocytophilum, a

Gram-negative bacterium transmitted by ticks, is the causal agent of pasture fever, a disease affecting

domestic ruminants, such as cattle, sheep, and goats. This pathogen can also infect humans in

temperate and tropical regions. Atkas and colleagues present a PCR-based diagnostic technique that

can be used to distinguish two variants of this important pathogen. The phylogeny and prevalence

of A. phagocytophilum and related variants were then investigated in the Mediterranean region of

Turkey. Their findings highlight the importance of detection of variants and provide a basic took kit

for studying molecular epidemiology of caprine and ovine anaplasmosis. Bovine digital dermatitis

(BDD), first reported in 1974, is arguably the most important foot infection causing lameness in

cattle, which has a serious impact on animal welfare and productivity. Treponema species have been
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considered as the primary causal agent. To understand BDD pathogenesis, Espiritu and colleagues

compared the microbial composition and diversity between BDD lesions and normal cattle skin using

16S rRNA gene-based sequencing. These authors conclude that rich microbial diversity and the

overabundance of opportunistic bacterial pathogens are likely associated with BDD.

Three articles in this collection discuss the biology of mites and flies. Oestrus ovis, the sheep

bot fly, is an obligate parasite having a worldwide distribution with the high prevalence rates

in Mediterranean and West African countries. While generally not considered a life-threatening

parasite, this species can cause significant losses in productivity, particularly in tropical and

Mediterranean regions. Metwally and colleagues investigated the prevalence rate of this species in

small ruminants in Saudi Arabia and found that the infestation rate is two times higher in goats than

in sheep. Furthermore, male hosts tend to have a significantly higher infestation rate than females. Dr.

Arun De’s group presents a report to examine host-parasite interactions and genetic characterization

of Sarcoptes scabiei, a burrowing mite affecting humans and many other mammals. The disease

scabies is one of the earliest diseases with a known cause recorded in the Bible. This group evaluated

the effect of S. scabiei infestation on host physiology with special emphasis on serum biochemical

parameters, lipid profile, oxidant/antioxidant balance, stress parameters, and immune responses

using in a porcine model. They found that S. scabiei triggered stress response, elevated levels of serum

cortisol and heat shock proteins, increased the serum concentration of immunoglobulins as well as

IL-2, IFN-gamma, IL-1-beta, and IL-4 cytokine expression. In the third article, Koziatek-Sadłowska

and Sokół studied Dermanyssus gallinae, a parasitic poultry mite and aimed to determine its effect

on the development of post-vaccination immune responses in layer hens. They found that D. gallinae

infestation may inhibit humoral immune responses since the percentages of B cells and Th cells were

negatively correlated with the number of mites. However, further research is needed to determine

whether D. gallinae suppresses the production of vaccine-induced antibodies.

At least six original research articles in this collection study parasites, from intracellular

protozoans, hookworms, roundworms, to tapeworms. Islam et al. (2021) conducts a systematic

review on rodent helminths and potential threats of helminth parasites on public health in the Middle

East using meta-analysis. These authors identified 44 rodent species as primary hosts for helminth

infestation. The study detected 22 species of helminths that are of zoonotic importance, such as

Capillaria hepatica, Cysticercus fasciolaris, Hymenolepis diminuta, and Hymenolepis nana. This

study provides baseline data on rodent helminths at the human-animal interface in Middle East

countries, which should facilitate the development of efficient rodent control programs in the region.

The Metwally team surveyed two species of intracellular protozoan parasites, Sarcocystis cameli

and S. camelicanis in Camelus dromedarius samples obtained in Saudi Arabia and for the first time

identified the presence of S. camelicanis in this country. Slater and colleagues compared the intestinal

microbiome and volatile organic compounds of colonic contents obtained from healthy horses and

those infected with varying levels of the tapeworm, Anoplocephala perfoliate, an equine parasite

causing abdominal pain. Their findings show that a general reduction in certain beneficial bacteria

in horses with tapeworm infection, indicating a possible negative consequence of parasitic infection.

The Hedberg-Alm team presents a case control study on parasite prevalence in Swedish horses and

parasite management practice by horse owners. Their data demonstrate a high level of exposure of

Swedish horses to Strongylus vulgaris, arguably the most pathogenic equine internal parasite. The

findings also suggest an urgent need for education in the use of fecal parasite egg counts and pasture

management, such as reducing stocking intensity and frequent removal of fecal matters. The teams
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led by Dr. Saruda Tiwananthagorn presents two original papers in this collection. They first examined

geographical and spatial distribution of two nematode species in community dogs, Dirofilaria immitis

and Brugia pahangi, which is a serious public health concern for humans, dogs, cats, and wildlife

species, particularly in southeast Asian countries. They detected Brugia pahangi infection in dogs for

the first time in Thailand. Spatial distribution patterns of these two species differ: at a higher altitude

between 400 and 800m, B. pahangi infections significantly outnumber D. immitis infection while the

overall prevalence rate of the former is lower than the latter. In the second paper, the prevalence of

Ancylostoma ceylanicum, a zoonotic hookworm, was carefully examined in dogs and soil samples

from Thailand and Asian countries. Genetics and diversity of this species was also evaluated; and

nine haplotypes were identified from the Thai hookworm population. These authors conclude that

increased public awareness and proper deworming programs are urgently needed to reduce the risk

of the transmission of this important zoonotic disease. Dominika Mravčáková and colleagues tested

anthelmintic activities of two medicinal plants, wormwood and mallow, against the barber’s pole

worm, Haemonchus contortus, in both in vitro and in vivo settings. The aqueous extracts of both

plants exhibited strong parasiticidal effects in vitro. However, in sheep, the mean fecal egg counts

did not differ significantly between the groups with and without plant supplements. While their

study demonstrated the potential of medicinal plant-based alternatives to overcome the anthelmintic

resistance, more research is warranted.

The Zaragoza-Bastida team evaluated the antibacterial and hemolytic activity of two rattlesnake

venoms against Pseudomonas aeruginosa, an important bacterial pathogen that affects both animals

and humans. These authors presented evidence for the first time that venoms from rattlesnakes

contain bioactive compounds with bactericidal activity against Pseudomonas aeruginosa and can be

developed as alternatives to antibiotics.

We strongly believe that this special collection has made a valuable contribution to the veterinary

literature. The findings from these studies provide novel insights into host-pathogen interactions,

which should facilitate the development of vaccines and alternative pathogen control strategies.

We wish to express our gratitude to all contributing authors for their outstanding research efforts.

Without their hard work, this collection will not come into existence. Finally, we want to thank the

editorial board members and staff of Animals for their support to this special issue.

Robert W. Li

Editor
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Simple Summary: Maedi-visna is a chronic viral disease of sheep with worldwide prevalence. It is
caused by a small ruminant lentivirus. Its clinical manifestation includes primarily pneumonia and
mastitis, and secondarily, arthritis and encephalitis. It causes substantial economic losses associated
with involuntary culling or death of infected animals and reduced productivity, challenging the
sustainability of dairy sheep farms. The extensive spread of the disease and the lack of treatment or
vaccines render surveillance and prevention strategies indispensable. Currently, the major obstacles
in controlling the disease are (i) the absence of an effective protocol for the early and definitive
diagnosis of infected animals, utilizing appropriate, universally accepted serological and molecular
techniques, (ii) the long interval between infection and seroconversion, and (iii) lack of understanding
whether horizontal or vertical transmission are the most important route of infection. Therefore, the
most appropriate measures for the control of the disease should include more frequent serological
testing with available diagnostics and isolation or culling of seropositive animals, incorporation of
artificial suckling, and strengthening of hygiene and biosecurity protocols.

Abstract: Maedi-visna (MV) in sheep is caused by maedi-visna virus (MVV), a small ruminant
lentivirus (SRLV) that causes chronic infection and inflammatory lesions in infected animals.
Pneumonia and mastitis are its predominant clinical manifestations, and the tissues infected by MVV
are mainly the lungs, the mammary gland, the nervous system and the joints. MV has a worldwide
distribution with distinct MVV transmission patterns depending on circulating strains and regionally
applied control/eradication schemes. Nevertheless, the prevalence rate of MV universally increases.
Currently, gaps in understanding the epizootiology of MV, the continuous mutation of existing and
the emergence of new small ruminant lentiviruses (SRLVs) strains, lack of an effective detection
protocol and the inefficiency of currently applied preventive measures render elimination of MV an
unrealistic target. Therefore, modifications on the existing MV surveillance and control schemes on
an evidentiary basis are necessary. Updated control schemes require the development of diagnostic
protocols for the early and definitive diagnosis of MVV infections. The objectives of this review are to
summarize the current knowledge in the epizootiology and control of MV in dairy sheep, to describe
the research framework and to cover existing gaps in understanding future challenges regarding MV.

Keywords: maedi-visna virus; ovine progressive pneumonia; small ruminant lentivirus; dairy sheep
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1. Introduction

Maedi-visna (MV) (also known as ovine progressive pneumonia, OPP) is an incurable viral
disease of sheep with very long incubation period that leads to life-long infection [1]. It is
caused by non-oncogenic exogenous retroviruses [2], namely, maedi-visna virus (MVV) and caprine
arthritis-encephalitis virus (CAEV), both belonging to a subgroup of viruses known as small ruminant
lentiviruses (SRLVs). These viruses are structurally identical, display similar pathogenicity, and have
genetic variants/strains that can infect both sheep and goats [3,4]. Species-specific categorization
of SRLVs is not always valid since cross-species transmission of certain genotypes is evident with
the direction of transmission not being always apparent [4]. Clinical symptoms of SRLVs infections
are strain-dependent. Most prevalent are symptoms associated with the respiratory tract, such as
dyspnea and abdominal breathing due to chronic interstitial pneumonia. Symptoms associated with
encephalitis include instability, paresis, and paralysis. Other clinical manifestations such as mastitis
(indurated udder), arthritis (lameness), progressive weakness and, in some cases, death of infected
animals may also occur [5]. The primary route of infection for newborn lambs is the consumption of
colostrum and milk from infected ewes [3]. Horizontal transmission via respiratory secretions is also
significant [4], whereas, vertical transmission (transplacental) [6] and transmission via semen during
mating or artificial insemination are also possible [6], but their significance and extent has not been
thoroughly investigated.

Recognizing the socio-economic impact of MV, the World Organization for Animal Health
(OIE) has included it in the list of notifiable terrestrial and aquatic animal diseases, with significant
impact on international trade of animals and their products [7]. In dairy sheep, economic losses
associated with the disease are rather extensive. During the last 5 years, the situation seems to have
worsened as accumulating evidence suggests an increase in prevalence of the disease especially in
the European continent. The scarcity however of epizootiological data regarding inter- and intra-
farm transmission of the disease is a major obstacle for the development and implementation of
evidence-based disease-control and eradication programs [8]. In particular, in the case of dairy sheep,
there is a considerable shortage of certified MVV-free sheep breeding stocks in the international
market. This is an obvious drawback in newly established intensive sheep farms, where the interest to
buy MVV-free breeding stocks with high productive potential is large. Hence, the need to establish
MVV-free dairy sheep farms is now more urgent than ever and forms a major issue for the conservation
and evolution of the dairy sheep sector worldwide.

As there is no treatment against MV and all efforts for the development of vaccines did not
produce any satisfactory results [6], the control of the disease and the reduction of its prevalence
have been achieved to some degree through controlled eradication programs aiming at diagnosis of
the infected animals at an early stage. However, these programs are heterogeneous in terms of their
planning and effectiveness, which highly depends on the number of participating farms, the regional
prevalence of the disease, and the diagnostic methods applied to detect the infected animals [9]. It has
now been recognized that early diagnosis of viral infection in MV is more complicated than originally
thought and constitutes a major barrier for the effective eradication of the disease [10,11]. Most of
the programs used for the control of the disease are based on serological tests to detect antibodies
against the virus [12]. This way, only the seropositive animals are diagnosed and removed from the
flock. However, many animals infected with the virus remain undiagnosed due to the late (from a few
months to three years) seroconversion [13,14]. In the past, several papers have reviewed the status of
MV in sheep industry [5,6,15–22]; nevertheless, the objectives of this review paper are to summarize
and provide an integrated overview of the current knowledge regarding the epizootiology and control
strategies of MV in dairy sheep, to describe the research framework and to cover existing gaps in
understanding future challenges regarding MV.
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2. Current State of the Art in Epizootiology of the Disease

MV was initially described in Iceland in 1939, possibly originating from the importation of live
animals from Germany. Although clinical signs were apparent, the situation was likely underestimated
or misdiagnosed for many years [5,15]. Eventually, it was transmitted among several countries through
the trading of breeding stocks (e.g., Denmark in 1968, Canada in 1970, Hungary in 1972, France in 1976,
Norway in 1979, and Finland in 1994) [15].

Nowadays, MV has a worldwide spread, with the exception of Iceland, New Zealand, and
Australia which are considered MVV-free regions, but not CAEV-free [23]. Despite the scarcity of MV
epizootiological data in the Mediterranean countries with developed dairy sheep sector (Spain, Italy,
and Greece), field observations suggest increased seroprevalence [16]. Based on these observations
and having recognized the significance of the disease, several European countries (e.g., France,
Germany, Netherlands, Italy, Switzerland, and Spain) have applied eradication programs. However,
the effectiveness of these programs in controlling the disease has been questionable [6].

The majority of SRLVs epizootiological studies worldwide (Table 1) is limited to primarily
small-scale estimation of seroprevalence; nationwide monitoring and active surveillance schemes are
scarce as they require a substantial funding which is not available in most cases.

Table 1. Epizootiological studies regarding small ruminant lentiviruses (SRLVs).

Region Species Seropositivity at
Animal Level (%)

Seroprevalence at
Flock Level (%)

Number of
Flocks

Number of
Animals Reference

Spain (Aragon) s 52.8 100.0 554 274,048 [9]
Spain (Northwestern) s 25.0 53.0 78 15,155 [10]

Italy (Southern) g 18.64 51.69 1060 4800 [24]
Greece s 41.96 N/A 6 143 [25]

Belgium s
g

9.0
6.0

17.0
13.0

87
76

555
401 [11]

Switzerland s 9.0 N/A 241 5084 [12]
Poland (Central Eastern) s 10.2 N/A 98 2925 [26]

Turkey (Central Anatolia) s
g

9.3
7.5 N/A N/A 279

146 [14]

Turkey (Instanbul) s 15.3 N/A 4 542 [14]
Germany (Mecklenburg

Western-Pomerania) s 28.8 51.2 41 2229 [8]

Canada (Manitoba) s 2.5 25.1 77 2207 [27]
China (Yunnan, Guizhou,

Gansu, Ningxia, Shandong,
Sichuan, Hunan, Guangdong,

Chongqing, Guangxi, Jilin,
Anhui)

s 4.6–50.0 N/A 24 672 [28]

s: sheep, g: goats, N/A: relative data is not available.

3. Etiology

There is a continuous effort for the identification and classification of SRLVs strains due to large
genetic diversity of the isolated viruses [17,29]. To date, five strain groups, namely, A, B, C, D, and E
with their subtypes have been identified in sheep and goats [1,18]. Group A consists of MVV strains
and has 15 subtypes, group B consists of CAEV strains with 3 subtypes, whereas, the other three groups
refer to strains which have been isolated from Norway (group C), Spain and Switzerland (group D),
and Italy (group E) [18]. Some of the classical strains with known sequences are the K1514 (Iceland)
and its neurovirulent clones KV1772-kv72/67 and LV1-1KS1, SA-OMVV (South Africa), EV1 (UK), and
P1OLV (Portugal). Many of the fore-mentioned strains have been found to infect both sheep and goats
(e.g., all the strains of groups B, C, and D as well as group A subtypes A1–A6, A9, and A11–A13). The
subtype A15 has been isolated only from sheep and subtypes A7, A8, A10, A14, E1, and E2 only from
goats. The classification of SRLVs, the species infected and the countries first reported are summarized
in Table 2.
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Table 2. Classification of SRLVs strains.

Group Subtype Strain Origin
Country Species Reference

A

A1

P1OLV Portugal s/g [30]
KV1772 Iceland s/g [31]

LV1-1, KV1514 Iceland s/g [32,33]
EV1 England s/g [34]

SA-OMVV South Africa s/g [35]
A2 85/34 USA s [36]
A3 697 Spain s/g [37]
A4 SRLV-A4 Switzerland s/g [29]

A5, A6, A9, A11-A13 s/g [17,18]
A7, A8, A10, A14 g [17,18]

A15 S [17,18]
A16 and A17 Poland g [38]

B

B1

FESC-752 Mexico s/g [39]
CAEV-CO USA s/g [40,41]
GANSU China s/g [42]
SHANXI China s/g [43]

B2 S-496 Spain s/g [44]
B3 Volttera and Fonni Italy s/g [45]
B4 Canada g [46]

C 1GA Norway s/g [47,48]

D Spain,
Switzerland s/g [17,18]

E
E1 Rocaverano Italy g [49,50]
E2 Seui Italy g [49,50]

s: sheep, g: goats.

Recently, phylogenetic analysis revealed a new strain (CRF01_ABSRLV) which was isolated
from Canadian goats and possibly originating from the combination of A2 and B1 subtypes [51].
The mechanism for generation of retroviral recombined strains is complicated and not very well
understood. However, it could be considered among possible explanations for the emergence of new
SRLV strains [51,52].

4. Clinical Signs and Gross Pathology

In the majority of cases, virus replication is slow and the number of infected blood cells in the
circulation is very low [53]. Therefore, the clinical disease is latent or progressive and in many cases, the
clinical signs are not evident or characteristic of the disease at its early stages [3]. Immunosuppression
of animals due to aging, co-existing of diseases and environmental stressors accelerates virus replication
and clinical evidence of the disease becomes apparent. At the flock-level, serum detection of antibodies,
the severity of clinical disease and the number of deaths/culled animals, can be affected by management
practices and the co-existence of other diseases [18].

Clinical manifestation of SRLVs infection depends on the virus strain, the host immune response
and the host genetic profile regarding resistance or susceptibility to the virus [54,55]. Lesions of
SRLVs infection in tissues and organs are caused both by the immune response to the viral antigens
and the viral replication itself [3]. The tissues mainly infected by MVV are located at the lungs,
the mammary gland, the nervous system, and the joints [3,19]. Pneumonia and mastitis are the
predominant clinical manifestations of MVV in sheep [3]. Less frequently, lesions such as lymphoid
tissue hyperplasia may be apparent in kidneys, liver, and heart, indicating them as possible target
organs [56,57]. Multiple-organ infection may be observed in the progression of the disease, but the
severity of lesions varies among the affected organs [19].

Respiratory clinical signs include dyspnea and increased respiratory rate, caused by the
characteristic lymphocytic interstitial pneumonia; at necropsy, the lungs appear discolored, enlarged,
and diffusely firm with grey spots on the pleural surface and the mediastinal lymph nodes are often
enlarged [19,23].
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Symptoms from the nervous system include ataxia, paresis, weakness in hind limbs, incoordination
or, in heavier cases, total paralysis, due to meningoencephalitis, astrocytosis, microgliosis, and focal
secondary demyelination in the brain and the spinal cord [3,19].

In mammary gland, MVV can cause an indurative non-suppurative interstitial mastitis [3,19].
The udder is hard but not painful, with decreased milk production mainly noticed the first days
postpartum, a situation usually described as “hard udder syndrome”. The lymphocytic inflammatory
pattern, caused by the replication of virus in macrophages and mammary gland epithelial cells,
provokes the destruction of the acinar structure and the reduction of milk production [19].

Arthritis can also be the outcome of MVV infection, although it is less common in sheep [3,16,18,19].
The affected joints are usually the carpal and tarsal, but metatarsal, metacarpal and vertebral joints
can also be affected [16,18,19]. Infiltration of the synovial membrane by mononuclear cells is followed
by villous hypertrophy, angiogenesis, and finally fibrosis, mineralization, and necrosis of synovium
and joint capsule [3]. In advanced arthritis cases, the cartilage is destructed and the articular capsule
is fibrotic [18,19]. In the majority of cases, arthritis is progressive causing lameness and involuntary
culling of the animal, whereas less often it may regress [3].

5. Transmission

The mechanisms and the significance of horizontal and vertical transmission of the MVV have
not been fully clarified yet [3]. The major routes of transmission have been described; however, their
significance and extent remain unclear. This information is critical for the efficient designation of the
eradication protocols, especially in intensively reared dairy sheep.

The vertical transmission of MVV refers to the transmission of the virus from the ewe to the
lamb during pregnancy (transplacental), at lambing or during suckling [6]. Opinions regarding
transplacental transmission are controversial [15,58]. Seropositivity of 4- to 9-months old lambs derived
by caesarean section, isolated after birth and not allowed to suckle seropositive dams support the
transplacental transmission [59]. However, the possibility of horizontal transmission post-lambing,
complicates the assessment of the significance of either transplacental or horizontal transmission [6,15].
Vertical transmission at lambing refers to the transmission of virus while the lamb passes through the
ewe’s genital tract and it is exposed to maternal body fluids and blood. The exact significance of this
route of transmission remains unknown [6,58].

The most significant route of vertical transmission is considered to be the lactogenic, through the
ingestion of colostrum and milk from infected dams [6]. MVV shows tropism to the epithelial cells
of the mammary gland and the resident macrophages, where it can replicate [60]. It has been found
that isolated lambs fed colostrum or milk from infected ewes seroconverted a few months later and
some of them were diagnosed with clinical disease later in their adult life [15]. There is evidence that
the lactogenic transmission is more significant in small ruminants than in primates due to the higher
permeability of the digestive tract of small ruminants in the first 24 h post-lambing [61,62], allowing
virions and infected cells to be absorbed by the lamb’s intestine [62]. However, not all the subgroup
variants of MVV are efficiently transmitted via the lactogenic route as the envelope varies among the
different subgroups of the MVV determining some of its physicochemical properties and facilitating or
not the lactogenic transmission [62].

Horizontal transmission of MVV includes the environmental, mechanical and iatrogenic routes
and mainly refers to the transmission through respiratory secretions [63]. Lungs are the main target
organ of MVV in the respiratory tract. In lungs, the virus infects monocytes, macrophages, and
dendritic cells, and it can be horizontally transmitted via respiratory secretions containing these
cells [3,15]. In severe cases, MVV causes the characteristic lesions of interstitial pneumonia. In general,
the lower respiratory tract, constitutes the main route of infection [15,64]. This route of transmission is
of major importance in intensive and permanently housed sheep in sheds with inadequate ventilation
and high stocking density [19]. In general, many researchers support that the airborne transmission
can be an equally significant route of transmission as the vertical transmission. For this reason, the

5



Animals 2020, 10, 616

segregation of newborn lambs or non-infected animals from the infected ones is of major importance
for the control of MVV transmission [3,15,65]. The significance of transmission through contaminated
barns, sheds, feeding and water equipment and pastures or reusable veterinary equipment has not
been fully clarified [6,15]. The presence of the virus in the water and air from pens with infected
animals [63] indicates that waterborne and airborne transmission in the farms cannot be disregarded.
Infection of dairy sheep via the teat canal during milking has also been reported [15].

Sexual transmission of the MVV is theoretically possible but not yet confirmed. However, there is
evidence of virus proliferation in the genitals of infected rams and the virus has been found in the
semen of rams with leucocytospermia and rams positive for Brucella ovis [3,66]. In another study using
real-time PCR, proviral DNA of SRLV was found in semen (intermittent shedding) and the genital
tract of rams suggesting possible sexual transmission [67].

6. Risk Factors

There are several risk factors that influence transmission of MVV between and within flocks.
These factors determine the likelihood of infection, the prevalence, the incidence rate and other
epizootiological characteristics of the disease. Identification and mitigation of risk factors at the farm
level is therefore crucial when establishing a MVV control/eradication program. Flock size/stocking
density, intensity of the farming system [9–12,26,27], and age distribution [9–11] affect the likelihood of
seropositivity at flock level, indicating the significant role of horizontal transmission in the epizootiology
of MV [9]. For example, lower prevalence in extensively reared sheep can be attributed to the reduced
stocking rates and limited direct contact between animals [68,69], conditions that reduce the exposure
to MVV and the possibility of airborne transmission through respiratory droplets during exhalation,
sneezing, and coughing [3,6]. In flocks where MV co-exists with pulmonary adenomatosis, the
transmission is favored by the increased quantities of respiratory secretions produced by infected
sheep [9,15]. In these cases, late removal of clinical cases of MV and non-isolation of seropositive
animals are significant risk factors for the transmission and increased seroprevalence of the disease.

Inappropriate cleaning and disinfection of milking equipment [15,19], reuse of infected needles
and surgical equipment, inadequate hygiene conditions inside the barn and grazing at common
pasturelands are also potential risk factors for the horizontal transmission of MVV.

Importation of breeding stocks from flocks of unknown MVV-status is associated with increased
seroprevalence of MV [10,27]. The remarkable absence of certified MVV-free flocks to produce breeding
stocks and the use of seropositive rams for mating or artificial insemination are the main causes.
Surprisingly, despite the lactogenic transmission of the virus through colostrum/milk during suckling,
a reduced seroprevalence in the replacement stocks has been observed in flocks with increased suckling
period [9]. This is possibly the result of a confounding effect of farming system; increased weaning age
is mainly observed in semi-extensive and extensive systems, where horizontal transmission is limited.
On the other hand, early weaning is mainly practiced in intensive systems where virus transmission is
facilitated mostly due to the permanent housing, the increased stocking density and the inappropriate
ventilation [9,10,70]. Nevertheless, the use of colostrum/milk from seropositive dams and natural
suckling of newborn animals constitute major risk factors. Also, in mixed-species flocks (sheep and
goats) the seroprevalence has been found to be higher, possibly due to cross-species transmission of
several SRLVs strains [10,70].

There is evidence of genetic resistance/susceptibility against SRLVs [71]. Different alleles of
the cellular TMEM154 (Transmembrane protein 154) gene have been found to be associated with the
occurrence of MV. Haplotypes carrying nucleotide sequences that code for the amino acid glutamate at
position 35 are associated with increased susceptibility to MV, whereas haplotypes carrying nucleotide
sequences that code for lysine at the same position are associated with resistance to MV [72–74].
Also, the haplotype responsible for the susceptibility seems to be dominant against the “resistant”
haplotype [74]. Although there is indication for association between TMEM154 mutations and
control of MVV infection, there is no proven association for all the haplotypes [73]. Other genes

6



Animals 2020, 10, 616

associated with virus susceptibility are the DPPA2 (Developmental Pluripotency Associated 2)/DPPA4
(Developmental Pluripotency Associated 4), SYTL3 (Synaptotagmin-Like 3), CCR5 (Chemokine receptor 5),
MHC (Major Histocompatability Complex), TLR7, TLR8, TLR9 (Toll-like receptors) genes, and APOBEC3
(Apolipoprotein B mRNA-editing enzyme) proteins [75–77], whereas the zinc finger cluster, C19orf42
(Chromosome 19 Open Reading Frame 19)/TMEM38A (Transmembrane Protein 38A) and DLGAP1 (Discs
Large (Drosophila) Homolog-Associated Protein 1) genes may be used in genetic selection programs to
facilitate the control of the disease [78]. The tripartite motif-containing 5 (TRIM5) protein has been
studied and has been proved to contribute to the restriction of MVV [79].

7. Diagnosis

Early and efficient diagnosis of MV is a critical parameter for the control and eradication of the
disease. The diagnosis of SRLVs infections is based on the detection of antibodies against the virus
proteins or the viral genome. Current control and eradication programs are based on serological tests
(mainly enzyme-linked immunosorbent assays (ELISAs)) to detect antibodies against the virus [13].
Therefore, only the seropositive animals are considered infected and subsequently removed from the
flock. This is a major drawback for the eradication of the disease as the immune response to the disease
(seroconversion) requires a long period of time and thereby, many of the infected animals remain
undiagnosed carriers of the virus [8,14]. The available assays for the detection of antibodies are the
agar gel immunodiffusion (AGID) test, radioimmunoprecipitation assay (RIPA), Western blotting (WB)
and ELISA, whereas, polymerase chain reaction (PCR) is used for the detection of proviral DNA as
described below.

7.1. AGID Test

AGID test is commonly used as a diagnostic tool in MV control programs due to its simplicity.
It is a highly specific diagnostic method but less sensitive than ELISA [6,19–21]. For this reason, it is
supplementary used for the confirmation of the ELISA test [20].

7.2. RIPA

RIPA is as old as WB and both of them are considered as the reference standards. They have
similar sensitivity and are mainly used as confirmatory assays [21,22]. RIPA is not frequently used due
to its high cost and its difficult application.

7.3. WB

WB is a confirmatory laboratory test which has been used to detect antibodies in serum that
recognize viral proteins. In general, WB is more sensitive than the ELISAs but more cumbersome and
with lower throughput [6,21]. Cross-reactivity with non-specific cellular proteins is also a problem.

7.4. ELISA

ELISA is the most commonly used test in population screening and for the surveillance of SRLVs.
It detects antiviral antibodies with satisfactory sensitivity and specificity, indicating the occurrence
of infection and seroconversion at some point [6,20]. Seropositivity is not necessarily followed by
clinical disease and a seronegative animal cannot be safely considered to be free of infection. In many
cases, seroconversion requires several months even in early-infected animals (e.g., lambs infected via
colostrum consumption) [17]. Except for this hurdle, the antigenic heterogeneity of SRLVs strains
(especially among different subtypes, like the CAEV-like and the MVV-like) may limit the diagnostic
performance of currently available ELISA [80]. Antibody titers present remarkable variations during
an animal’s life and in some cases, they are undetectable using an ELISA, which renders the test
unreliable for a definitive diagnosis [17,21,22,81].
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7.5. PCR

PCR can directly detect proviral DNA in fluids and tissues across the animal body (lungs, milk,
peripheral blood, mammary gland, synovial membranes etc.). The most reliable cells for the detection
of virus are the peripheral blood mononuclear cells [20,21]. The most significant advantage of PCR
is its ability to detect infection before seroconversion. However, PCR is not a reference method
and it is suggested to be combined with serological testing to overcome the problem of selective
specificity associated with the lack of reliable universal primers [6,20,21]. PCR nested methods and
Real-Time-PCR (RT-PCR) increase the sensitivity and specificity of the method, however, their use is
less frequent [20,21,82].

8. Treatment–Vaccination

There is neither a treatment nor an effective vaccine against MV. In the past, there have been
attempts for the development of attenuated and subunit vaccines but none of them proved to be
effective in preventing viral infections [83–89]. The major obstacles for the development of an effective
MV vaccine include the necessity for the induction of high antibody titers against the virus, the
wide genetic variation of viral strains and its continuous mutations, the increased post-infection
immunological reaction, the post-vaccination challenge on the immune system and the evidence that
the production of SRLV-specific neutralizing antibodies, following vaccination with whole virus-,
protein-, and live attenuated-vaccines, is not always protective and in some cases may favor persistent
infection [3,54]. The last obstacle is correlated with the fact that the relationship of antibody production
with the protection against the SRLVs infection is doubtful and the cellular immune response seems to
be more critical [3,54]. Current research efforts for the development of an effective vaccine include
pseudoviruses/viral particles, recombinant viruses carrying genes from MVV, and naked plasmids
carrying MVV genes plus factors enhancing innate immune responses. However, the effectiveness of
these alternative strategies has not been sufficiently validated and thus are considered inappropriate
for commercial use [20,54].

9. Preventive and Eradication Measures

The preventive measures and management interventions that could aid in controlling or eradicating
MV should be decided on case by case and include the following:

1. Annual, biannual, or more frequent blood sampling from the breeding stocks and serological
and molecular testing for the diagnosis of the infected animals.

2. Post-lambing management primarily based on the application of artificial suckling and the
use of colostrum and milk substitutes or pasteurized colostrum/milk. The management of colostrum
involves the administration of bovine colostrum, commercial sheep colostrum or colostrum only from
uninfected ewes or heat-treated colostrum (56 ◦C for 60 min) [6,20,90]. Artificial suckling should take
place in an area isolated from adult animals, which has to be regularly cleaned and disinfected.

3. Immediate removal of animals with apparent clinical signs and positive laboratory diagnosis.
The selective culling of these animals and their replacements with seronegative animals, or the
grouping of animals according to their seroconversion status can be applied in areas with moderate
seroprevalence [6,20,91]. The later strategy requires the spatial and managerial separation of seropositive
and seronegative groups within the farm [20,91]. In flocks with high seroprevalence, the most efficient
practice is the annual culling of the oldest and less productive seropositive animals and their exclusive
replacement with seronegative breeding stocks. The selective culling of seropositive animals would
not facilitate the rapid control of the disease, but can contribute to the reduction of seroprevalence and
infection rate at flock-level, enhancing the potential of a more drastic elimination program in future
time (i.e., culling of the remaining seropositive animals) [9,20].

4. Keeping the replacement animals, post-weaning, in separate housing facilities to avoid
horizontal transmission of MVV through the contact with adult animals of the remaining flock.
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5. Purchased animals should be from certified MVV-free farms. Imported animals need to remain
on quarantine until the MV-status is determined using the most appropriate assays.

6. Regular cleaning and disinfection of facilities and equipment with appropriate disinfectants.
The cleaning and disinfection schedule must include the barn (floor, walls, bedding), the milking
machine, the feeders and the waterers.

7. Reduction of stocking density (sufficient area and volume) and adequate ventilation.
8. Implementation of general good hygiene practices. Use of disposable needles or sterilization of

metal needles before their reuse is necessary. Similarly, the medical equipment should be sterilized
after its use.

9. MV seronegative milking ewes should be grouped separately and machine-milked before the
seropositive ones.

10. Grazing in communal pastures and sharing of infrastructures and equipment should be
avoided when the MVV-status of the flocks is unknown.

11. Rams used either for mating or for semen collection need to be MVV-free [92]. Currently,
attempts are being made to produce SRLVs-free breeding stocks via reproductive biotechnologies like
artificial insemination and embryo transfer even from infected males and females, respectively. In the
case of embryo transfer, this may be possible via the removal of cumulus oophorus cells [92].

12. Breeding for resistance could also be considered, but universally accepted resistant genotypes
are yet to be developed [18].

The characterization of a flock as MVV-free demands two to five successive negative tests every
6 months, yearly or every 2 years (depending on the country). The trade of live animals is allowed
when the animals have no clinical signs of MV, the adult animals are seronegative and MV has neither
been clinically nor serologically diagnosed in the sheep flocks of origin during the last three years.
Also, artificial insemination is allowed only using semen from seronegative rams. According to OIE, a
country is considered MVV-free when <1.0% of herds are infected with 99.0% probability.

After the first implemented eradication program in Iceland, a lot of countries applied their own
eradication programs (almost all the European countries and Canada) with variable results. The major
obstacles for the successful implementation of eradication programs are (i) the possible refusal of
farmers’ participation [6,9], (ii) the breed variability, which, as previously mentioned associates with
susceptibility and resistance against the disease, (iii) the genetic variability of the viral strains and
the different epizootiological characteristics of the disease (virulence, transmission, seroconversion,
seroprevalence at flock level, etc.) and (iv) the heterogeneous farming and herd health management
systems. For this reason, the eradication program needs to be adjusted and optimized according
to the fore-mentioned factors. An indicating classification of the flocks according to the observed
seroprevalence could be: flocks with high (>70.0%), medium (40.0%–69.0%), low (10.0%–39.0%), very
low (1.0%–9.0%) seroprevalence and the MVV-free flocks (<1.0%) [6,20].

The eradication measures when considered in a country-wide scale should include both species of
small ruminants due to the fact that the cross transmission has been proven and is a significant risk
factor in the spread of the virus [89]. Moreover, the existence of reference laboratories for the control of
MV is of major importance [20]. These laboratories will be responsible for the surveillance of MV at
national level and will coordinate all the efforts for the elimination of the disease [6].

Total replacement of seropositive flocks with breeding stocks from MVV-free flocks could be a
sustainable option only in areas where the seroprevalence is very low and MVV-free flocks are available.
Otherwise, there is a serious threat for significant monetary losses and restriction of genetic resources
which may undermine the sustainability of the farms, particularly in areas with developed dairy sheep
farming industry [20].

10. Conclusions and Future Challenges in Controlling MV

Epizootiological investigations regarding SRLVs infections are essential for the territorial mapping
of virus distribution. The scarcity of detailed epizootiological data, in combination with the continuous
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mutations of SRLVs strains, render the creation of a universal, reliable and valid diagnostic protocol,
and consequently the control of SRLVs, a rather complicated task.

For the early and definitive diagnosis of SRLVs infections, development of appropriate
combinations of serological and molecular tests (ELISAs and PCR) on an evidential basis is suggested
and forms a challenging research field in the future.

Determining the epizootiological traits of SRLVs infections and particularly the significance
of the different routes of viral transmission will facilitate the decision-making process towards the
determination of the most effective measures for the creation of MVV-free flocks. The global spread of
SRLVs highlights the underestimation of the problem by the farmers and the insufficient implementation
of the suggested preventive measures, which mainly focus on the lactogenic and airborne transmission
of the disease, but may also be indicative of the failure in controlling the disease using these measures.
Therefore, the significance of every other possible route of transmission (transplacental, sexual, and
iatrogenic) needs to be carefully assessed and revised, and relevant preventive measures need to be
integrated in the MV control protocols.

Exploitation of active surveillance programs and quantification of the consequences of SRLVs’
infection on production [93], health and welfare traits are critical endeavors to determine the overall
impact of the disease on the sustainability and resilience of the farms. For this reason, large-scale
longitudinal and cohort studies are necessary to collect data for the determination of the most
appropriate prediction models estimating the cost of the disease (production losses, involuntary
culling/increased replacement rate, predisposition to other diseases and control measures), which
remains unknown.

Breeding for resistance against SRLVs is an emerging research field. Specific genes have already
been found to be associated with resistance or susceptibility to the disease and the discovery of
additional genomic regions may increase the options for its control through marker-assisted selection
(MAS) [76].

Despite the significant advances accomplished in SRLVs immunization studies, there are still
important challenges to address, as vaccination against SRLVs may contribute to either controlling
or enhancing MV [54]. Therefore, research efforts on the field of immunization have to be focused
on the development of safe and effective vaccines, with the potential of universal application and
mass production.
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Simple Summary: “Sudden death” has been defined by the World Health Organization as a
non-violent, unexpected death occurring less than 24 h from the onset of symptoms. The causes of
sudden death have been widely investigated in human forensic medicine. In contrast, few studies
have been reported in the veterinary literature. This study aimed to investigate the frequency of
sudden deaths in young dogs in different age ranges. A secondary aim was to collect information
regarding clinical symptoms, and pathological and microbiological findings related to sudden death
in young dogs. The results of the present study demonstrate that the highest frequency of sudden
death occurs in animals in an age range from 10 days to 1 month and from 6 to 12 months. The most
frequently observed clinical symptoms in cases of sudden death were acute respiratory symptoms.
Furthermore, Canine parvovirus type 2, E. coli, Canine Distemper Virus, Clostridium perfringens type A,
and Pasteurella spp. were the main causes of death observed in the present study. The results reported
in the present study could provide a reference basis to better investigate sudden death in veterinary
clinical practice.

Abstract: In human medicine, “sudden death” has been defined by the World Health Organization
(WHO) as a non-violent, unexpected death occurring less than 24 h from the onset of symptoms.
The aims of this study were: (1) to estimate the proportional mortality ratio for “sudden and
unexpected death” (SUD) in young dogs; (2) to investigate the pathological and microbiological
findings in SUD cases in young dogs. For these purposes, a retrospective study of a total of 145 cases
of young dead dogs was performed. For each case, we collected information about the age, medical
history and the gross and microbiological findings of the animals. The results of this study found
21 cases of SUD. The most frequently observed clinical symptoms in the cases of sudden death were
acute respiratory symptoms, followed by acute gastroenteric symptoms, non-specific symptoms and
neurological symptoms. The evaluation of necropsy reports allowed us to observe enteritis in 18
out of 21 cases and pneumonia in seven out of 21 cases. Viral infection with Canine parvovirus type 2
was the most common cause of SUD observed. These results could provide a valuable tool for the
investigation of sudden death in young dogs.

Keywords: post-mortem microbiology; veterinary forensic pathology; sudden death; young dogs
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1. Introduction

In human medicine, “sudden death” has been defined by the World Health Organization (WHO)
as a non-violent, unexpected death occurring less than 24 h from the onset of symptoms [1]; in particular,
the term “sudden and unexpected infant death” (SUID) is used to describe deaths that occur relatively
suddenly and unexpectedly in children less than 1 years old [2,3]. Infections are reported in the literature
as an important cause of SUID, followed by metabolic or molecular disorders [2–5]. The main pathogens
reported in SUID cases are as follows: Staphylococcus aureus, Escherichia coli, Streptococcus pyogenes,
Streptococcus agalactiae, Streptococcus pneumoniae, Group B Streptococci (GBS), Respiratory Syncytial Virus
(RSV), Cytomegalovirus (CMV) and Adenovirus [2,6,7]. However, a broad range of pathogens has been
reported in the literature as being causes or a co-factors in SUID, such as Parvovirus B19, Epstein-Barr virus,
Influenza A virus and Mycobacterium tuberculosis [2,6,8,9]. Furthermore, recent studies reported the
relatively benign Coxsackie virus A16 as a possible contributing factor in SUID in humans [10]. For
these reasons, the current SUID autopsy protocol in the UK and the international guidelines advocate
for a multidisciplinary approach to the investigation of all cases of SUID, which should be based
not only on the findings of the macroscopic examination, but also on a broad range of ancillary
investigations, such as bacteriological and virological analyses [11,12]. Sudden infant death syndrome
(SIDS) is considered to be a sub-class of SUID, in which the cause of death remains unexplained even
after the forensic necropsy, ancillary tests and evaluation of the anamnestic data and crime scene
analysis [1,2]. Indeed, among the cases of SUID, only 20% have a clear cause, while most cases remain
unexplained and are categorized as SIDS [1,5,13]. Although the cause is unknown, specific genetic
mutations or mild infections could be involved in the genesis of the syndrome [5]. Mild infections have
been suggested to play a key role, as demonstrated by altered levels of immunoglobulin or cytokine and
the high frequency of mild tracheal infections commonly observed during post-mortem examinations
of the subjects with a final diagnosis of SIDS [5]. Although, in human medicine, the concept of sudden
death, SUID and SIDS has been well defined by the WHO, in veterinary medicine, a universal definition
is lacking. Some authors have defined sudden death in animals as death that occurs in a few minutes
or several hours, due to pre-existing disease or a functional disorder [14]. However, in the opinion
of the authors, this definition should be avoided, because it lacks a well-defined temporal reference
range. In contrast, even if not yet validated in veterinary medicine, the WHO definition provides an
important temporal reference range useful for the identification of cases of sudden death in veterinary
clinical practice.

Over the last few years, many studies have investigated the cause of death in animals. In particular,
infectious diseases that affect the gastrointestinal system are reported to be the main cause of death
in puppies and young dogs [15,16]. In contrast, neoplastic diseases appear to be the prevalent cause
of death in adult dogs [15]. Among the infections, canine parvovirus type 2 (CPV-2) is reported to be
one of the most common and important causes of morbidity and mortality in young dogs [17,18].
Moreover, this virus is considered to be an important pathogen responsible for acute gastroenteritis
and myocarditis in dogs [17,18]. However, with regards to sudden and unexpected deaths, despite the
underlying causes having been sporadically investigated in dogs [19], to the best of our knowledge,
no study has evaluated the microbiological findings in cases of sudden death in young dogs. In light
of these observations, the aims of this study were as follows: (1) to estimate the proportional mortality
ratio (PMR) for “sudden and unexpected death” in puppies and young dogs; (2) to investigate the
pathological, bacteriological, and virological findings in sudden and unexpected death in young dogs;
and (3) to introduce a standardized microbiological protocol for the diagnostic investigation of cases of
sudden death in veterinary medicine
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2. Materials and Methods

2.1. Study Design

An observational retrospective study of a total of 145 cases of young dead dogs, consecutively
presented by veterinary practitioners, owners, or law enforcement to the “Istituto Zooprofilattico del
Mezzogiorno” (IZSM) of Portici city, Southern Italy, was performed over a 3-year period (2015–2017).
The submission forms were collected to obtain information about the medical history and age of the
animals. On the basis of the medical history, the animals were divided into groups as follows:

- (Sudden and unexpected death group—SUD group): dogs with a clinical diagnosis of sudden
and unexpected death. According to the WHO, sudden and unexpected death (SUD) cases were
considered to be a non-violent and unexpected death that occurs less than 24 h after the onset
of symptoms;

- (Expected death group—ED group): dogs without a clinical history of sudden and unexpected death

On the basis of age, the available data were categorized as follows: (Group 1) 10 days–4 weeks;
(Group 2) 4 weeks–6 weeks; (Group 3) 6 weeks–2 months; (Group 4) 2–3 months; (Group 5) 3–6 months;
(Group 6) 6–12 months. Each examined case was subjected to a complete necropsy and bacteriological
and virological investigations; however, for the purposes of this study, only the necropsy and
microbiological reports from animals in the SUD group were included. Furthermore, the microbiological
investigations were restricted to molecular tests for the virological analysis, and microbiological cultures
for the bacteriological examinations. In all assessed cases, molecular tests were performed using a
real-time polymerase chain reaction assay (RT-PCR) for canine parvovirus (CPV), canine coronavirus,
canine adenovirus, herpesvirus, and canine distemper virus. Furthermore, in all cases positive for canine
parvovirus type 2, multiplexed PCR panels were used to distinguish between wild-type and vaccine
CPV-2 and to identify the pathogen subtype (CPV-2a; CPV2b; CPV 2c) [20]. The analyzed samples
included the liver, lung, kidney, spleen, heart, brain and intestine. Microbiological results and necropsy
reports were both extracted from the IZSM information system (SIGLA). Animals that tested positive
in the toxicological investigations, or that had died from trauma, were excluded from the study.

2.2. Necropsy Protocol

All necropsies were performed in the necropsy room of the “Istituto Zooprofilattico Sperimentale
del Mezzogiorno” (IZSM), Portici, Italy, with a standard necropsy protocol [21]. All SUD cases were
stored at 4 ◦C before necropsy. The period between death and necropsy was between 12 and 36 h.
During the necropsy, according to internal institute protocol, all samples were taken in rigorous asepsis
conditions using sterile instruments and transported to the laboratory of microbiology. Furthermore,
to obtain uncontaminated specimens, a sterilization of the body and organs surfaces was performed
before sampling. Finally, the mean time between sample collection and transport to the reference
laboratory was under 3 h.

2.3. Analytical Validation of the Results

For each case of sudden and unexpected death, the clinical history, necropsy report and
microbiological findings were reviewed, and the final cause of death was categorized as “explained”
or “unexplained”. However, since determining the pathological significance of the microorganisms
isolated during necropsy is often difficult, as has been frequently reported in the literature [22,23].
For the purposes of this study, viruses detected by PCR were considered to be the cause of death,
only when associated with the typical macroscopic changes observed during the anatomopathological
examination. In addition, the bacteriological and virological findings were interpreted considering
a broad range of variables, such as the location of pathogen detection, the capacity of pathogens for
virulence, the correlation with injuries observed during the necropsy, the multisite location of the
pathogens, the age of the dog and the composition of the normal flora.
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2.4. Statistical Analysis

The frequencies of sudden and unexpected death (SUD), expected death (ED), and total deaths
(SUD + ED) were evaluated and stratified by age classes. Furthermore, we estimated the proportional
mortality ratio (PMR) for “SUD” in each assessed age group. The Chi-square test was used to assess
differences in the distributions of ED and SUD among age groups.

3. Results

Out of the 145 examined reports, we found 21 cases of SUD and 124 cases of ED during the
3-year study period. The PMR of SUD was therefore 14.48%, while the ED was 85.52%. Furthermore,
the Chi-square test showed a significant difference in the frequencies of ED and SUD among the
assessed age groups (p < 0.05). All SUD cases were submitted by Italian veterinary practitioners.
The highest frequencies of expected death were observed in animals in Group 2 (100% of the cases),
Group 3 (87.7% vs. 12.5%), Group 4 (97.2% vs. 12.8%) and Group 5 (93.3% vs. 6.7%). In contrast,
the highest frequencies of SUD were found in animals in Group 1 (58.8% vs. 41.2%) and Group 6
(37.5% vs. 62.5%). Table 1 summarizes the frequencies and percentages of SUD and ED and the
frequency of total deaths (SUD + ED) stratified by age classes. Overall, of the 21 SUD cases, 10 out of
21 (47.61%) dogs were less than 4 weeks old (Group 1), 0 out of 21 were between 4 weeks and 6 weeks
old (Group 2), five out of 21 (23.8%) were between 6 weeks and 2 months old (Group 3), one out of
21 (4.76%) was between 2 and 3 months old (Group 4), two out of 21 (9.51%) were between 3 and
6 months old (Group 5), and three out of 21 (14.28%) were between 6 months and 1 year old (Group 6).

Table 1. Frequency and percentage of sudden and unexpected deaths, expected deaths and the
frequency of total deaths stratified by age groups.

Age Group Sudden Death Expected Death Total Deaths

Group 1 10 (58.8%) 7 (41.2%) 17
Group 2 0 14 (100%) 14
Group 3 5 (12.5%) 35 (87.5%) 40
Group 4 1 (2.8%) 35 (97.2%) 36
Group 5 2 (6.7%) 28 (93.3%) 30
Group 6 3 (37.5%) 5 (62.5%) 8

Total 21 124 145

3.1. Clinical Background and Gross Findings

The most frequently observed clinical symptoms in cases of sudden death were as follows: acute
respiratory symptoms in 12 out of 21 cases, followed by acute gastroenteric symptoms (a single or few
episodes of vomiting or diarrhea) in six out of 21 cases, neurological symptoms in one case, and finally,
non-specific symptoms in two out of 21 cases. The evaluation of necropsy reports allowed us to observe
haemorrhagic gastroenteritis in 12 out of 21 cases, pneumonia in seven out of 21 cases, and catarrhal
enteritis in five out of 21 cases (Figure 1). Pulmonary oedema or multiorgan congestion were also
observed in 19 out of 21 cases.
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3.2. Microbiological Examination

In all animals dead for sudden and unexpected death, virological investigations were performed
with a panel of viruses tested by PCR (Canine parvovirus, Canine coronavirus, Canine adenovirus,
Canine herpesvirus and Canine distemper virus), and a bacteriological examination was performed with
microbiological cultures. The retrospective analysis showed positive microbiological results in 18 out
of 21 cases (Table 2).

Table 2. Viruses or bacteria detected in cases of sudden and unexpected death.

Pathogen NO. of Cases

Canine Parvovirus 10
E. Coli 7

Clostridium perfringens type A 6
Adenovirus 3

Canine Distemper Virus 2
Streptococcus sanguinis 2

Pasteurella spp. 2
Streptococcus dysgalactiae 1

Rotavirus 1

However, for the purposes of this study, the microbiological findings were interpreted considering
a broad range of variables. In particular, the location of pathogen detection, the capacity of pathogens
for virulence and the correlation of that microorganisms with the observed macroscopic injuries were
the most important parameters assessed in this study. Therefore, after the review of the necropsies and
microbiological reports, the detected pathogens were considered the main cause of death in only 14 out
of 21 cases. In particular, among the evaluated cases, the main cause of death was viral infection with
Canine parvovirus type 2 (8/21), followed by viral infection with Canine parvovirus type 2, and co-infection
with E. coli (2/21), bacterial co-infection with Clostridium perfringens type A and E. coli (2/21) and viral
and bacterial co-infection with the Canine distemper virus and Pasteurella spp. (2/21). Finally, in seven
out of 21 cases, the microbiological results did not explain the injuries observed during the necropsy.
Therefore, the causative agent of infection was considered undetermined after the microbiological
examination. Table 3 summarizes the clinical backgrounds, pathological findings, microbiological
results and causes of death of the cases of sudden death.
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4. Discussion

In human forensic pathology, the autopsy for cases of SUID are primarily performed according
to the “Kennedy Report” [11]. This protocol and the published international guidelines advocate a
multidisciplinary approach to investigations of all cases of SUID, which should be based not only
on the findings of the post-mortem macroscopic examination, but also on a broad range of ancillary
investigations, such as bacteriological and virological analyses. Although a broad range of tests have
been proposed in cases of SUID in human forensic medicine, in the present study, we focused on
the pathological and post-mortem microbiology findings in cases of sudden death in young dogs.
The results of this study show a low frequency of sudden deaths in young dogs, accounting for 14.48%
of the total observed deaths. Furthermore, the Chi-squared test showed a significant difference in
the frequencies of ED and SUD among the assessed age groups (p < 0.05). In particular, the highest
frequency of sudden death was observed in dogs younger than 4 weeks old. In contrast, the highest
frequency of ED was observed in animals in Groups 2–5. This difference could be due to the immaturity
of the immune system of puppies younger than 6–12 weeks of age [24]. Indeed, the endotheliochorial
placentation of this species is relatively impenetrable to the transfer of maternal immunoglobulin [24].
Thus, the immune protection of the puppies during the first weeks of life depends on the ingestion of
maternal colostrum antibodies (MCA) [24]. In the absence of the passive transfer of MCA, newborn
puppies are only able to develop an immune response to antigens at 2–3 weeks of age. Therefore,
any delay in colostrum intake or reduction of colostrum ingestion leads to a reduction in the immune
protection of the animals [24–26]. Under these conditions, viruses or bacteria can replicate and spread
quickly, leading to the death of the puppies, without the development of characteristic symptoms.
Furthermore, congenital malformation or maternal malnutrition could be considered additional causes
of sudden death in this age range. In contrast, after 2–3 weeks of age, the immune system of puppies,
although immature, is able to develop a mild immune response against pathogens, avoiding the rapid
spread of the pathogens and allowing the development of characteristic symptoms of the pathology.
In addition, in our study, the most frequently observed gross injuries in cases of sudden death were
haemorrhagic gastroenteritis in 12 out of 21 cases, pneumonia in seven out of 21 cases, and catarrhal
enteritis in five out of 21 cases. Pulmonary oedema or multiorgan congestion were also observed in 19
out of 21 cases. Intra-abdominal and respiratory lesions have been previously reported in the literature
as two important causes of sudden and unexpected infant death in human forensic pathology [27].
Indeed, respiratory tract lesions, although mild, can easily lead to serious complications and sudden
death of the subjects [27]. Similarly, acute gastroenteric lesions can cause severe dehydration and
serum electrolyte disturbance, which have the potential to cause sudden and unexpected death in
children [27]. Overall, in our study, positive microbiological results were observed in 18 out of
21 cases. However, as frequently highlighted in the human literature, the isolation of pathogens in
cases of sudden death does not necessarily imply a correlation between those pathogens and the death.
In particular, this correlation must be confirmed by the observation of severe and specific injuries
during the anatomopathological examination [6]. Therefore, after the review of the necropsy findings,
detected pathogens were considered the main cause of death in only 14 out of 21 cases, while in the
remaining seven cases, the microbiological results did not explain the injuries observed during the
necropsy. The negative findings observed in our study could suggest: (1) a non-infectious cause of
death of the assessed animals; or (2) a death due to viruses or other pathogens not detected by the
virological panel in use in this study. Indeed, there are a wide range of viruses that are potentially
pathogenic in young dogs, including both DNA and RNA viruses. However, our virological panel
was limited to the detection of the following five specific viruses: canine parvovirus, canine coronavirus,
canine adenovirus, canine herpesvirus and canine distemper virus. With regard to the positive results,
viral infection due to canine parvovirus type 2 (wild type) was the most common cause of death observed
in our study. Overall, CPV-2 is a causative agent of acute gastroenteritis and myocarditis [17,18].
Furthermore, it is reported in the literature to be one of the most common and important causes of
morbidity and mortality in young dogs [17,18]. Usually, the clinical symptoms of the infection are
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as follows: anorexia, depression, lethargy and fever, followed by vomiting and diarrhea [17,18,28].
However, it is also reported to be a cause of sudden cardiac death in puppies between 4 and 8 weeks
of age [17,29,30]. Interestingly, we also observed two cases of sudden death due to Canine distemper
virus and Pasteurella spp. co-infection. Canine distemper virus is a member of the genus Morbillivirus,
which can cause a large variety of disorders in dogs including rhinitis, pneumonia, demyelinating
leukoencephalitis, necrotizing bronchiolitis and enteritis [31]. Canine distemper virus is not reported in
the veterinary literature as a cause of sudden death in animals. However, Canine distemper virus causes
immunosuppression by targeting cells that express the CD150 protein (signaling lymphocyte activation
molecule (SLAM)) [31]. Previous studies showed that this immunosuppression favors secondary
infections caused by pathogens, such as Bordetella bronchiseptica or C. piliforme [32]. Therefore, it is
possible to suppose that opportunistic pathogens could complicate a sub-clinical Canine distemper
virus infection, replicating and spreading quickly, and leading to the death of the puppies without the
development of characteristic symptoms. With regards to the bacteriological examination, the most
common isolated bacteria were C. perfringens type A (6/19) and E. coli (6/19). However, they were
considered the cause of death in only two cases. Indeed, C. perfrigens and E. coli are considered normal
components of canine intestinal flora [33,34]. Similarly, the alpha toxin gene of C. perfringens may
be found in asymptomatic dogs as part of the normal intestinal microflora [33]. However, in some
cases, E. coli can cause pleuro-pneumonitis [35], gastroenteritis [36], urogenital infections, cholangitis,
cholangiohepatitis and septicaemia [37] in both humans and other animals. Similarly, C. perfringens
type A has been associated with gastro-enteric disease, such as haemorrhagic enteritis in dogs and
abomasitis in ruminants [38–40]. Furthermore, this bacterium has been reported in the literature as a
cause of sudden and unexpected death in dogs [39]. Unfortunately, no specific test for the diagnosis
of enteritis due to C. perfringens is described in the literature [40]. Thus, generally, the clinical signs,
the pathological findings, the microbiological analysis, and the absence of other pathogens must be
examined before confirming the diagnosis [40]. In our case, the multisite locations of the pathogens,
the absence of other viruses or bacteria and the specific anatomopathological findings of haemorrhagic
enteritis supported the diagnosis of enteritis due to C. perfringens and E. coli as the final cause of death.

Finally, this study allowed the detection of a wide range of pathogens that, after the review of the
necropsy and microbiological reports, were not considered the main cause of death of the animals,
such as Canine Adenovirus, Rotavirus, Streptococcus sanguinis, Streptococcus dysgalactiae and, in some
cases, E. coli and C. perfringens. Therefore, further studies will be needed to evaluate the possible
contributions of these pathogens to cases of sudden and unexpected death in young dogs.

5. Conclusions

Sudden death is an uncommon cause of death in young dogs. However, the high frequencies
of viruses and bacteria detected in our study highlights the importance of performing complete
bacteriological and virological analyses in all cases of sudden death in young dogs. The results of this
study suggest that our PCR panel combined with a bacteriological analysis could facilitate the rapid
detection and type-specific identification of the pathogenic causes or co-factors of death in most cases
of sudden death in young dogs. Finally, these results could provide a valuable epidemiological tool for
the investigation of sudden death in young dogs.
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Simple Summary: Bovine digital dermatitis (BDD) is a foot infection known as the primary cause of
lameness in cattle due to painful lesions, posing serious impacts on the productivity and welfare of
affected animals. Members of the bacterial group Treponema have long been considered as the main
causative agents because previous investigations by bacterial isolation, tissue analyses, and high
molecular sequencing have persistently identified this group in BDD. However, other studies indicated
that the presence of several bacteria on the lesion due to the slurry environment the cattle foot are
exposed to, suggests an interdependent polybacterial nature which could also play a role in disease
development and progression. Therefore, we analyzed the diversity and relationship of the diverse
microbiome in BDD lesions compared to normal skin from cattle foot by using next-generation high
throughput sequencing. Based on the results obtained, we concluded that the shift in microbial
composition which leads to richer diversity in BDD, and the overabundance of opportunistic bacterial
pathogens could be associated with BDD pathogenesis.

Abstract: This study analyzed the diversity and phylogenetic relationship of the microbiome
of bovine digital dermatitis (BDD) lesions and normal skin from cattle foot by using 16S rRNA
amplicon sequencing. Three BDD samples and a normal skin sample were pre-assessed for analysis.
The Illumina Miseq platform was used for sequencing and sequences were assembled and were
categorized to operational taxonomic units (OTUs) based on similarity, then the core microbiome was
visualized. The phylogeny was inferred using MEGA7 (Molecular evolutionary genetics analysis
version 7.0). A total of 129 and 185 OTUs were uniquely observed in normal and in BDD samples,
respectively. Of the 47 shared OTUs, 15 species presented increased abundance in BDD. In BDD
and normal samples, Spirochetes and Proteobacteria showed the most abundant phyla, respectively,
suggesting the close association of observed species in each sample group. The phylogeny revealed the
evolutionary relationship of OTUs and the Euclidean distance suggested a high sequence divergence
between OTUs. We concluded that a shift in the microbiome leads to richer diversity in BDD lesions,
and the overabundance of opportunistic pathogens and its synergistic relationship with commensal
bacteria could serve as factors in disease development. The influence of these factors should be
thoroughly investigated in future studies to provide deeper insights on the pathogenesis of BDD.

Keywords: bovine digital dermatitis; cattle lameness; microbiome; Treponema spp
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1. Introduction

Bovine digital dermatitis (BDD) is known as the most important foot infection causing lameness
in cattle [1]. This severe lameness, which is the primary clinical manifestation of BDD caused by
painful hyperkeratotic lesions [2], poses serious concerns on the welfare of the affected animals [3].
Serious economic impacts have also been implicated with BDD due to significant milk production
losses, poor reproductive performance [4,5], and most extremely, premature culling of the affected
animals [6].

The first reported case of BDD was in Italy in 1974 by Chelli and Mortellaro [7], and since then,
it has been globally reported reaching an endemic state in many countries [8]. Etiological investigations
have identified a variety of bacteria in BDD lesions [9], but advancements in sequencing technology
have provided essential information on the identity of associated causal agents [8]. In previous
investigations, Spirochetes are considered to be the major pathogen in BDD [1,10]. However, studies
indicated that the presence of several bacteria on the lesion due to the slurry environment the cattle
foot are exposed to [2], suggests a synergistic polybacterial nature [11] which plays a role in disease
development and progression [12].

Many reports have attempted to elucidate the association of the microbiome of BDD towards
disease development [11,13–15]. Surprisingly, for more than 20 years since it emerged as a major
problem in the cattle industry in certain countries, studies on BDD have just recently started in Korea.
In a recent report, Treponema spp. was established as the dominant pathogen in BDD lesions in
Korea [16], but an emphasis on the plethora of bacteria that was observed is still lacking. Although the
majority of studies considered that the main pathogen of BDD is Treponema spp., its polybacterial
nature must also be considered in order to understand its pathogenesis [15]. Therefore, this study
analyzed the diversity and phylogenetic relationship of the microbiome of BDD lesions and normal
skin from the interdigital space of the cattle using 16S rRNA amplicon sequencing.

2. Materials and Methods

2.1. Sample Collection

This study was performed following general ethical principles and with the consent of farm
owners. The collection of samples was done in Holstein–Friesian cattle in housed dairy farm, and was
conducted during hoof cleaning, trimming and treatment performed by a professional veterinarian
with years of expertise in the field. Inspection was done by anatomic pathological observation of grossly
visible active BDD lesions on the proximal border of interdigital space characterized by the presence
of ulceration, with hyperkeratosis and proliferative growth with hair-like projections as described
by Zinicola et al. (2015) [17]. For normal skin sample, healthy animals with no sign of lameness
and no history of BDD were inspected. After thorough cleaning of the foot surface, lidocaine (2%)
was subcutaneously injected around the lesion and a 5-mm punch biopsy was taken from the center
of the lesion for BDD, while for normal skin, biopsy sample was taken where BDD most often take
place. Samples were washed thoroughly with buffered phosphate saline (pH 7.4) and delivered to
the laboratory with ice. A total of 66 pre-assessed active BDD samples were subjected to detection of
Treponema spp. by genus-specific PCR as described in the results of our previous study [16]. Since 100%
of the active BDD lesions are positive in PCR, three samples were randomly selected for metagenomics
sequencing. A normal sample was provided for BDD negative control. Samples were categorized
as Group A for normal skin sample, and Group B for BDD-infected samples.

2.2. Metagenomics Sequencing and Diversity Analysis

The four randomly pre-assessed samples were submitted to Macrogen (Korea) for high-throughput
sequencing. DNA samples extracted from lesion and normal sample biopsies were subjected to quality
control by Picogreen method before library construction. By targeting the V3-V4 region of the
16S rRNA gene, libraries were constructed and were purified. Sequencing was carried out using
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Illumina Miseq platform (Illumina, San Diego, CA, USA). The base call binary data produced by
Real-Time Analysis (RTA) were converted to FASTQ files by bcl2fastq package (Illumina, San Diego,
CA, USA) and were filtered using Scythe (v0.994) (https://github.com/vsbuffalo/scythe) and Sickle
(https://github.com/najoshi/sickle) programs to remove adapter sequences. The obtained 16S rRNA
sequences were binned into Operational Taxonomic Units (OTUs) based on 97% identity using
Quantitative Insights Into Microbial Ecology (QIIME) [18]. The microbiome was visualized using
Metagenomics Core Microbiome Exploration Tool (MetaCoMET) [19] using a Biological Observation
Matrix format (BIOM) [20] generated using Mothur [21].

2.3. Divergence and Phylogenetic Analysis

The phylogeny of the microbiome was inferred by aligning the obtained 16S rRNA sequences
of the operational taxonomic units identified using ClustalW [22], and the Newick tree data were
obtained from MEGA7 [23] by maximum likelihood method following the general time-reversible
model as the fit model for calculating the rate of nucleotide base substitution. The final dendrogram
was constructed using Iroki [24]. The divergence distance between OTUs was calculated by Euclidian
distance method based on the rate of nucleotide base substitution between OTUs, and presented as a
heatmap matrix generated by Heatmapper [25] for the aligned sequences of OTUs using the Euclidean
distance method.

3. Results

In total, 66 samples pre-assessed from our previous research [16] were used in this study.
From these, one normal skin sample (Group A) and three BDD lesions (Group B) were subjected
for analysis.

The Chao1 diversity index shows that Group B has richer species diversity compared to Group A
(Figure 1A). The size of the microbiome presented in Figure 1B shows a higher observed OTUs in
BDD lesions compared to the normal skin sample. Out of 267 OTUs observed, 138 were uniquely
observed in Group B, 82 in Group A, while 47 were overlapping in both groups. Fifteen of these
shared OTUs increased their abundance from normal to BDD and includes T. pedis (20.93%), a group
of unclassified species (12.4%), Treponema denticola (9.8%), T. medium (6.48%), Porphyromonas
levii (1.56%), P. somerae (1.22%), and Acholeplasma vituli (0.89%). OTUs absent in Group A with
increased abundance ratio in Group B were as follows in decreasing order: Carboxylicivirga mesophila
(5.89%), T. lecithinolyticum (5.35%), A. morum (5.03%), Spirochaeta africana (3.74%), Mycoplasma
feliminutum (3.65%), A. modicum (2.77%), Pelobacter propionicus (2.04%), H. sueciensis (1.64%),
P. uenonis (1.30%), Falcatimonas natans (1.25%), Devosia confluentis (1.17), Christensenella minuta
(1.08%), and M. fermentans (1.30%). Additional information can be accessed in Supplementary Table S1.
The shift in abundance ratio of each species from normal to BDD (Figure 1C) shows the drop in
abundance of dominant bacteria, Psychrobacter fulvigenes and Pseudomonas caeni from the normal
sample, and the increased abundance of Treponema spp., and other bacteria in BDD. In addition,
the Euclidian distance heat-map based on OTU abundance between samples and representative
phyla (Figure 1D) illustrated the high association of Spirochetes with BDD. Moraxellaceae and
Pseudomonadaceae, both under phylum Proteobacteria presented a close relationship with normal
tissue. Moreover, Bacteroidetes and Firmicutes are considerably associated in both groups, while
Tenericutes is associated with BDD only.
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Figure 1. (A) Box plot of Chao1 diversity index for bovine digital dermatitis (BDD) (Group A) and 
normal (Group B), (B) the microbiome presenting the number of operational taxonomic units (OTUs) 
in Group A and Group B showing the unique and shared OTUs between groups, and (C) relative 
abundance of operational taxonomic units from Group A and Group B (legend: 22 most abundant). 
(D) Euclidian distance heatmap presenting the association between phylum and sample groups. Red 
denotes closer association while blue denotes a lesser association with normal sample and BDD. 

The maximum likelihood tree constructed using the general time-reversible model illustrated 
the phylogenetic relationship of all the OTUs (Figure. 2A). The tree showed the phylum classification 
of the OTUs, and the abundance ratio and OTU count (Figure 2B). Firmicutes was the most diverse 
phylum representing 41.85% and 37.21% of the observed OTUs in BDD and normal skin, respectively. 
Spirochetes (which is the most abundant) only represented 3.75% of the over-all observed OTUs. In 
addition, the Euclidean distance heat map matrix showed the estimates of the evolutionary 
divergence between OTUs in lesions and normal tissue (Figure 2C), and the frequency distribution 
of the computed distance of the pairwise comparisons was graphed in Figure 2D. Overall, 63.89% of 
the pairwise comparisons were above the median distance. 

Figure 1. (A) Box plot of Chao1 diversity index for bovine digital dermatitis (BDD) (Group A) and
normal (Group B), (B) the microbiome presenting the number of operational taxonomic units (OTUs)
in Group A and Group B showing the unique and shared OTUs between groups, and (C) relative
abundance of operational taxonomic units from Group A and Group B (legend: 22 most abundant).
(D) Euclidian distance heatmap presenting the association between phylum and sample groups.
Red denotes closer association while blue denotes a lesser association with normal sample and BDD.

The maximum likelihood tree constructed using the general time-reversible model illustrated
the phylogenetic relationship of all the OTUs (Figure 2A). The tree showed the phylum classification
of the OTUs, and the abundance ratio and OTU count (Figure 2B). Firmicutes was the most diverse
phylum representing 41.85% and 37.21% of the observed OTUs in BDD and normal skin, respectively.
Spirochetes (which is the most abundant) only represented 3.75% of the over-all observed OTUs.
In addition, the Euclidean distance heat map matrix showed the estimates of the evolutionary
divergence between OTUs in lesions and normal tissue (Figure 2C), and the frequency distribution of
the computed distance of the pairwise comparisons was graphed in Figure 2D. Overall, 63.89% of the
pairwise comparisons were above the median distance.
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lesions compared to normal skin from the interdigital space of the cattle. From our previous study 
[16], we elucidated the relative abundance of Spirochetes, specifically Treponema spp. in BDD lesions 
and concluded that Treponema spp., was the dominant pathogen involved in BDD in Korea. Although 
the major abundance of Treponema spp. in lesions based on several investigations suggest that BDD 
is polytreponemal, the presence of other bacteria implies that they may also play certain roles in its 
pathogenesis. 
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Figure 2. General time-reversible tree representing all observed OTUs in BDD-infected and normal
skin samples color-coded based on phylum classification (A). The scale value is 2.57. The blue bar
graph denotes the abundance ratio of each species on BDD (B1) and normal sample (B2), while the
green bar graph shows the actual count per species (OTU) for BDD (B3) and normal (B4) sample.
Euclidean distance heat map matrix is based on the nucleotide base substitution rate presenting the
divergence between all OTUs in BDD and normal sample (C). The graph (D) shows the frequency
distribution of pairwise comparison between OTUs in each calculated distance from low (blue) to
high (red).

4. Discussion

This study analyzed the diversity and phylogenetic relationship of the microbiome of BDD lesions
compared to normal skin from the interdigital space of the cattle. From our previous study [16],
we elucidated the relative abundance of Spirochetes, specifically Treponema spp. in BDD lesions and
concluded that Treponema spp., was the dominant pathogen involved in BDD in Korea. Although the
major abundance of Treponema spp. in lesions based on several investigations suggest that BDD
is polytreponemal, the presence of other bacteria implies that they may also play certain roles in
its pathogenesis.
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The data analyzed exhibited a change in the microbiome in BDD lesions from the normal skin
sample. This altered microbiome has been previously observed by Krull et al., (2014) [13] and
Zinicola et al., (2015) [11] by investigating the microbiome of each stage and layer of BDD lesions,
respectively. They observed the replacement of species from the normal sample by other species along
with the disease progression and the alteration of the microbiome in each layer of lesions. In the
current data, the 82 OTUs from the normal sample were replaced in BDD-infected sample by 138 OTUs.
This alteration also led to a richer diversity in BDD as opposed to the findings of Krull et al., (2014)
where disease progression leads to a drop in diversity [13]. Although samples subjected in our study is
categorized only as active BDD, it is recommended to use several normal samples and BDD samples
categorized in varying lesion stages to gain more conclusive data. Another interesting finding of this
study is the shared OTUs between normal and BDD found in the overlap comprised of three Treponema
spp. (T. pedis, T. medium, T. denticola), along with two Phorphyromonas spp. as the five most abundant
bacteria in BDD. The increased abundance of these species from normal to BDD, along with others
could imply that these bacteria are commensals which later progresses as opportunistic pathological
agents which initiates disease development when triggered under favorable conditions.

The abundance data previously presented by Mamuad et al., (2020) [16], to some extent, agree with
the reports of Moreira et al., (2018) [14], Zinicola et al., (2015) [11], Beninger et al., (2016) [26], Krull et al.,
(2014) [13], and Nielsen et al., (2016) [12], that BDD is polybacterial, with Treponema spp., as the most
abundant genus. However, the dominance and diversity of species under this genus still varies
between reports from different geographical locations. Moreira et al., (2018) reported that Treponema
pedis is the most abundant species in BDD in Brazil, which is in accordance with Mamuad et al., (2020).
However, in one study in the USA, T. denticola and T. phagedenis were the most abundant species in
active and inactive lesions, respectively [11]. Additionally, the results of investigation of Beninger et al.,
(2015) [26] and Krull et al., (2014) [13] were in agreement with each other that the most abundant
species in BDD is T. phagedenis, which was absent in all samples in our data. This suggests that BDD
microbiome has geographical and/or sample-to-sample variation.

Given that certain members of genus Treponema are recognized as the abundant bacteria,
and considered as major contributors in the development and progression of the disease, other
bacterial genera have also been reported in BDD from other countries as also in this study such as
Porphyromonas [14], Campylobacter, Acholeplasma [11], Peptoniphilus and Romboutsia [27]. In this study,
a major abundance of Carboxylicivirga mesophila and Treponema lecithinolyticum was observed as the
fourth and fifth most abundant identified bacteria in BDD, respectively, which were not observed from
previous studies. Further investigation is required to verify if these bacteria have actual involvement
with the disease, since C. mesophila was first isolated from tidal flat sediment in Korea [28], while
T. lecithinolyticum was commonly found in human oral microbiome [29].

The distance heat map between phyla and samples based on OTU count and taxonomy showed
the close relationship of the observed species under phylum Spirochetes and Proteobacteria in BDD
and normal skin, respectively. Phylum Bacteroidetes and Firmicutes can be associated in both
groups, while Tenericutes is associated only with BDD which agrees with Nielsen et al., (2016) [12].
In a study by Bay et al., (2018) Firmicutes was the most abundant phylum in other polybacterial
foot infections in bovine models such as interdigital hyperplasia, interdigital phlegmon, sole ulcer,
toe necrosis, and white line disease, with Spirochetes being the fifth most abundant phylum overall,
after Bacteroidetes, Actinobacteria, and Proteobacteria [27]. This suggests that there are variations on
the major pathogens between these diseases.

The GTR tree shows the phylogenetic relationship of all OTUs present in both BDD-infected and
normal skin samples, classified under 10 phyla, with Firmicutes representing the highest diversity.
This large number of Firmicutes was supported by the findings of Yano et al., (2010) [30] and Santos et al.,
(2012) [31] in both normal and BDD-infected samples, regardless of its relative abundance. In this study,
Spirochetes with the highest abundance in BDD have lower diversity both before and during infection.
Compared with Firmicutes with highest diversity in normal and BDD, there was no increase in its
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abundance before and during infection. This suggests that diversity richness of a certain phylum may
be irrelative with the abundance or its pathogenic involvement in BDD. The microbiome of BDD in this
study was verified to be highly diverse, thus, we hypothesize that synergism between overabundant
opportunistic pathogens and the diversity of commensals makes the disease more complicated.
The pairwise distances of OTUs based on the computed rate of nucleotide substitution show higher
frequencies for above-median distances between species found in all samples. This supports the idea
that bacterial diversity is evolutionarily diverged.

5. Conclusions

We concluded that a shift in the microbiome leads to richer diversity in BDD lesions, and the
overabundance of opportunistic pathogens and its possible synergistic relationship between less
abundant commensal bacteria could serve as factors in disease development and progression.
Spirochetes is the most abundant phylum associated with BDD in other previous studies, and in
this study, we deliberated that the abundance of species on each of the observed phylum varied
between reports, suggesting either geographical or sample-to-sample variation. The influence of the
overabundance of opportunistic species and the synergistic interaction of the plethora of commensal
bacteria should be thoroughly investigated in future studies by including additional samples categorized
to varying degree of the severity of infection, not just in BDD, but also in other lameness-related
foot diseases, to provide deeper insights on the pathogenesis and microbiome relationship of these
debilitating diseases.

Supplementary Materials: The following are available online at http://www.mdpi.com/2076-2615/10/10/1798/s1,
Table S1: Abundance ratio of operational taxonomic units in normal and BDD samples.
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Simple Summary: We explored the existence of Anaplasma phagocytophilum and related variant
in samples of goats and sheep obtained from Antalya and Mersin provinces, representative of
Mediterranean region of Turkey. Based on 16S rRNA and groEL genes of A. phagocytophilum and
related variants, we examined blood samples by polymerase chain reaction (PCR) followed by
sequencing. The results showed that the prevalence of A. phagocytophilum and A. phagocytophilum-like
1 infection was 1.4% and 26.5%, respectively. Sequencing confirmed molecular data and showed the
presence of A. phagocytophilum and A. phagocytophilum-like-1 variant in the sampled animals.

Abstract: Anaplasma phagocytophilum causes tick-borne fever in small ruminants. Recently, novel
Anaplasma variants related to A. phagocytophilum have been reported in ruminants from Tunisia,
Italy, South Korea, Japan, and China. Based on 16S rRNA and groEL genes and sequencing, we
screened the frequency of A. phagocytophilum and related variants in 433 apparently healthy small
ruminants in Turkey. Anaplasma spp. overall infection rates were 27.9% (121/433 analyzed samples).
The frequency of A. phagocytophilum and A. phagocytophilum-like 1 infections was 1.4% and 26.5%,
respectively. No A. phagocytophilum-like 2 was detected in the tested animals. The prevalence of
Anaplasma spp. was comparable in species, and no significant difference was detected between sheep
and goats, whereas the prevalence significantly increased with tick infestation. Sequencing confirmed
PCR-RFLP data and showed the presence of A. phagocytophilum and A. phagocytophilum-like-1 variant
in the sampled animals. Phylogeny-based on 16S rRNA gene revealed the A. phagocytophilum-like 1
in a separate clade together with the previous isolates detected in small ruminants and ticks. In this
work, A. phagocytophilum-like 1 has been detected for the first time in sheep and goats from Turkey.
This finding revealed that the variant should be considered in the diagnosis of caprine and ovine
anaplasmosis.

Keywords: tick-borne fever; Anaplasma phagocytophilum-like 1; PCR-RFLP; small ruminant

1. Introduction

Anaplasma phagocytophilum is the agent of tick-borne fever (TBF) or pasture fever, a
disease affecting some species of domestic ruminants (cattle, sheep, goats). The bacterium
is a pathogenic species for livestock such as ruminants as well as humans in temperate
and tropical countries [1–4]. Anaplasma phagocytophilum is transmitted by Ixodes spp. and
infects host neutrophils and monocytes, where reproduction occurs [1,5]. Anaplasma
phagocytophilum infection is known as pasture fever and characterized by fever, anorexia,
lateral recumbency, dullness, and loss of milk yield in affected hosts [2,4,6].

Increased attention to A. phagocytophilum reveals new information about the genetic di-
versity of the pathogen. Recently two Anaplasma variants related to A. phagocytophilum have
been documented in cattle, sheep, goats, and ticks [7–9]. In Japan, A. phagocytophilum-like 1
has been detected in deer and Hemaphysalis longicornis [10], cattle [11], Ixodes spp. [12], and
Haemaphysalis megaspinosa [13]. A. phagocytophilum-like 2 has been identified in Hyalomma
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asiaticum [14], sheep and goats from China [15]. Recently those Anaplasma variants have
been documented in ruminants from Tunisia [7,8], South Korea [16], and Italy [17].

Various Anaplasma species including A. phagocytophilum have been documented in ru-
minants and ticks in Turkey [5,6,18–21]. However, until now no data on A. phagocytophilum
variants is available in Turkey. In the current study, 16S rRNA, groEL (heat shock protein)
PCR and sequencing were performed to identity A. phagocytophilum and A. phagocytophilum-
like variants in small ruminants from sampling sites in Antalya and Mersin provinces,
where the representative Mediterranean area of Turkey.

2. Materials and Methods
2.1. Study Region and Sample Collection

This survey was conducted in small ruminants farmed in three districts (Alanya,
Akseki, Manavgat) from Antalya (latitude 36◦ 53′ N, longitude 30◦ 42′ E) and two districts
(Anamur, Bozyazı) from Mersin (latitude 36◦ 47′ N, longitude 34◦ 37′ E) provinces of Turkey
(Figure 1). This area has a Mediterranean climate, with hot humid summers and warm
rainy winters. The goats and sheep are kept in closed areas in villages near to the coast
during the winter months, and they are taken to the plateaus in the Taurus Mountains in
the early spring and grazed in the pastures here until autumn.
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The sample size was calculated using the online tool Sample Size Calculator (www.
calculator.net/sample-sizecalculator.html, accessed on 1 February 2019), for a confidence
level (CL) of 95%, an error margin of 5%. According to this, during April–July 2019, a total
of 433 apparently healthy small ruminants (296 goats, 137 sheep) were included in the
survey. Blood samples were drawn from the punctured jugular vein into anticoagulated
(K3-EDTA) vacutainer tubes and stored at −20 ◦C freezer until DNA extraction. The goats
and sheep were also checked for tick infestations, and a total of 1475 ticks were removed.
The collected ticks were preserved in 70% ethanol in Eppendorf tubes. They were identified
using taxonomic keys [22]. The animals were grouped into categories according to species
(goat and sheep) and the presence of ticks (yes/no). This study secured the approval of the
Elazig Veterinary Control Institute (number: 2018/02).

2.2. DNA Extraction and Amplification of 16S rRNA Gene

DNA was isolated from 200 µL volumes of whole blood using a DNAeasy Blood
Minikit according to the vendor’s recommendations. Genomic DNA from blood of clini-
cally infected cattle with A. phagocytophilum [6] was used for positive control. Anaplasma
phagocytophilum-like variants DNAs, received from Alberto Alberti (University of Sassari,
Sassari, Italy) were used as positive controls.

To detect A. phagocytophilum and A. phagocytophilum-like variants, a nested 16S rRNA
PCR was carried out described by Kawahara et al. [10]. The PCR reaction conditions were
made according to the previously described studies [10,21]. The nested amplicons were
examined by 1.5% agarose gel electrophoresis and visualized using the gel Documentation
System (Vilber Lourmat, Marne La Vallee Ceedex, France).

2.3. Restriction Fragment Length Polymorphism (RFLP)

XcmI and BsaI restriction enzymes allow the specific discrimination amongst A. phago-
cytophilum and related variants [8,17]. For differentiation of A. phagocytophilum and related
variants, the nested amplicons obtained in this study were digested with the XcmI and BsaI
restriction enzymes as previously described [8,17].

2.4. GroEL PCR

To confirm the results of the RFLP assay, the positive samples were screened by a groEL
nested PCR for the amplification of A. phagocytophilum [23]. The semi-nested PCR reported
by Ybañez et al. [24] with the primers EEGro1F/AnaGroe712R and AnaGroe240F was
utilized for amplifying of A. phagocytophilum-like 1 groEL gene. Oligonucleotide primers
used in this study were presented in Table 1.

Table 1. Oligonucleotide primers used in this study (* Degenerate primer: Y = C or T).

Target Gene Specificity Primer Name Oligonucleotide Dequence (5′-3′) Annealing Amplicon
Size (bp) Reference

-
-
-

16S rRNA

All
Anaplasma/Ehrlichia

-
-

A. phagocytophilum
and related variants

EC9
EC12a

-
SSAP2f
SSAP2r

TACCTTGTTACGACTT
TGATCCTGGCTCAGAACGAACG

-
GCTGAATGTGGGGATAATTTAT
ATGGCTGCTTCCTTTCGGTTA

54
-

53

1462
-

641–642
[10]

-
groEL

-
A. phagocytophilum

EphplgroEL(569)F
EphgroEL(1142)R

-
EphplgroEL(569)F
EphgroEL(1142)R

ATGGTATGCAGTTTGATCGC
TTGAGTACAGCAACACCACCGGAA

-
ATGGTATGCAGTTTGATCGC

TTGAGTACAGCAACACCACCGGAA

54
-
-

54

624
-
-

573
[23]

groEL
A. phagocytophilum-

like
1

EEGro1F
AnaGroe712R
AnaGroe240F

GAGTTCGACGGTAAGAAGTTCA
ATTAGY *AAGCCTTATGGGTC
CCGCGATCAAACTGCATACC

52
-

57

670
-

432
[25]
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2.5. Sequencing and Phylogenetic Analyses

Anaplasma phagocytophilum (n = 6) and A. phagocytophilum-like 1 (n = 10) positive
PCR amplicons were purified using the QIAquick PCR Purification Kit (Qiagen, Hilden,
Germany). The purified amplicons were sent to BM Labosis (Ankara, Turkey) for Sanger
sequencing to determine DNA sequences of the 16S rRNA gene. Multiple alignments
were performed with the CLUSTAL Omega ver. 1.2.1 (https://www.ebi.ac.uk, accessed
on 1 February 2019). The representative sequences have been submitted to the GenBank
(MT881655 and MT881656 for 16S rRNA gene of A. phagocytophilum-like 1 and A. phago-
cytophilum, respectively). The sequence alignment was performed using MUSCLE in
Geneious prime [25].

Phylogenetic analyses of the 16S rRNA sequences obtained in this work and the other
sequences submitted to GenBank were carried out. The maximum likelihood analysis (ML)
carried out in Mega X [26] was utilized to determine the phylogenetic relationship of the
Anaplasma spp. To sequence evolution, best-fit model was assessed as TN93+G+I by using
the jModel test v.0.1.1 [27]. Reliability of internal branches of the tree was evaluated by the
bootstrapping method with 1000 iterations [28].

2.6. Statistical Analysis

Association of the presence of Anaplasma spp. with host species and presence of tick
was performed with Epi Info 6.01 (CDC, Atlanta), using the χ2 test and Fisher’s exact test.

3. Results
3.1. Tick Infestation

Of the 433 small ruminants examined, 190 (43.9%) were infested with at least one tick
species. A total of 1475 adult ticks (449 females, 1026 males) were collected from goats
(1409/1475, 95.5%) and sheep (66/1475, 4.5%). Six tick species were identified among
all collected ticks. Rhipicephalus bursa (1269/1475, 86%) was the dominant tick species,
followed by R. turanicus (98/1475, 6.6%), Dermacentor marginatus (94/1475, 6.4%), Hyalomma
marginatum (8/1475, 0.5%), R. sanguineus s.l. (5/1475, 0.3%), and Ixodes ricinus (0.06%, only
one specimen). The goats were infested with all the identified tick species, whereas sheep
were infested with R. bursa and R. turanicus.

3.2. Prevalence and Distribution of Anaplasma spp.

The prevalence of A. phagocytophilum and related variants in sampled goats and sheep
is presented in Table 2. Overall, 121/433 (27.9%) samples collected in studied regions
tested positive for Anaplasma spp. by 16S rRNA PCR. The infection rate in goats and
sheep was determined as 28% and 27.7%, respectively. RFLP revealed the prevalence of
A. phagocytophilum and A. phagocytophilum-like 1 as 1.4% and 26.5%, respectively. No PCR
amplicons derived from goats and sheep were digested by the BsaI enzyme, confirming the
absence of Chinese variant (A. phagocytophilum-like 2). Of the 121 positive samples with 16S
rRNA PCR, 110 (95.6%) were positive with groEL nested PCR. Six of them (6/110, 5.4%)
were positive for A. phagocytophilum and 104 (94.5%) were positive for A. phagocytophilum-
like 1 (Table 2).

Association of the frequency of A. phagocytophilum and A. phagocytophilum-like 1
variant in small ruminants with species and tick infestation is documented in Table 3.
The prevalence of Anaplasma spp. was comparable in species, and no difference was
detected between infection rates in sheep and goats (p = 0.9603). However, the prevalence
significantly increased with tick infestation in small ruminants (p = 0.0003) (Table 3).
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Table 2. Samples origin, 16S rRNA PCR, RFLP and groEL PCR.

Host District/Province 16S rRNA PCR+/No. of Samples 16S rRNA PCR + RFLP groEL+/16S+ groEL PCR

- - - AP AP-like 1 AP-like 2 AP AP-like 1
Goat Akseki/Antalya 13/56 (23.2%) 2 11 0 12/13 2 10

- Manavgat/Antalya 26/111 (23.4%) 3 23 0 23/26 3 20
- Alanya/Antalya 24/55 (43.6%) 0 24 0 24/24 24
- Anamur/Mersin 15/44 (34.1%) 0 15 0 12/15 12
- Bozyazı/Mersin 5/30 (16.7%) 0 5 0 5/5 5

Goat Total - 83/296 (28%) 5 78 0 76/83 (91.5%) 5 71

- - - - - - - - -
Sheep Akseki/Antalya 5/9 (55.6%) 1 4 0 3/5 1 2

- Manavgat/Antalya 18/103 (17.5%) 0 18 0 17/18 - 17
- Alanya/Antalya 9/9 (100%) 0 9 0 9/9 - 9
- Anamur/Mersin 6/16 (37.5%) 0 6 0 5/6 - 5

Sheep Total - 38/137 (27.7%) 1 37 0 34/38 (89.4%) 1 33

Grand Total - 121/433 (27.9%) 6 (1.4%) 115 (26.5%) 0 110/115
(95.6%) 6 104

Table 3. Association of the frequency (16S rRNA PCR) of Anaplasma phagocytophilum and related
variants in small ruminants with species and tick infestation.

Species Presence of Ticks on the Animals

Goats
n (%)

Sheep
n (%)

No
n (%)

Yes
n (%)

Number 296 137 243 190
Positive 83 (28) 38 (27.7) 51 (20.9) 70 (36.8)

Negative 213 (72) 99 (72.3) 192 (79.1) 120 (63.2)

p-Value 0.9603 0.0003

3.3. Molecular and Phylogenetic Analyses

To validate the RFLP results and identify genetic variants of A. phagocytophilum-
like 1, randomly selected 10 representative samples were sequenced. The sequences
shared 100% identity to each other. Therefore, one representative sequence for A. phago-
cytophilum-like 1 was submitted to the NCBI GenBank database, and deposited with
accession number MT881655. This finding indicated that one variant was identified, and
named as Aplike1OvineCaprine in this work. BlastN analysis demonstrated that the Ap-
like1OvineCaprine variant indicated high similarity (99–100%) to those Anaplasma isolates
deposited in the GenBank as uncultured Anaplasma sp. and A. phagocytophilum. Moreover,
the Aplike1OvineCaprine variant was 100% identical to those of A. phagocytophilum-like
1 detected in sheep (Aplike1Ov1, KX702978) and goat (Aplike1GGo2, KM285227) from
Tunisia, and cattle from Turkey (Aplike1Bv, MT338494) (Table 4). The A. phagocytophilum
Akseki11 Sheep Turkey isolate obtained in this study shared 99.3–99.6% identity isolated
from Niviventer confucianus (A. phagocytophilum ZJ-HGA strain, DQ458805) and human (A.
phagocytophilum HZ strain, NR_074113), respectively.

Phylogenetic analysis using the 16S rRNA gene showed that our variant (Aplike1Ovine-
Caprine) clustered a distinct group with those of A. phagocytophilum-like 1 previously
published sequences reported in sheep, goats, cattle, deer, and Haemaphysalis ginghaiensis
(Figure 2).
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Figure 2. Maximum likelihood phylogenetic tree was inferred with partial sequences (598–599 bp) of the 16S rRNA gene of
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sequences of A. phagocytophilum-like 1 and A. phagocytophilum from this study were highlighted in red. Ehrlichia ruminantium
was used as an outgroup.
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4. Discussion

Anaplasma phagocytophilum causes tick-borne fever in small ruminants and granulocytic
anaplasmosis in horses and dogs [1,2]. It is an emerging tick-borne pathogen for humans
as well [3]. The genetic diversity of A. phagocytophilum is much greater than expected.
Indeed, recent studies have revealed the existence of two distinct Anaplasma species or
variants related to A. phagocytophilum, one in Japan and the other in China [11–14,24]. Then,
these pathogens were designated as A. phagocytophilum-like 1 and A. phagocytophilum-like
2 variants [7,8]. More recently, both genotypes have been documented in ruminants and R.
turanicus in Tunisia [7,8,17,29], cattle in South Korea [16], and small ruminants in Italy [17].
In the present study, a survey was carried out to detect and identify A. phagocytophilum
and A. phagocytophilum-like variants in small ruminants from the Mediterranean region of
Turkey. Our findings provide molecular evidence for the presence of A. phagocytophilum
and A. phagocytophilum-like 1 in sampled sheep and goats. In the previous studies carried
out in Turkey, A. phagocytophilum has been reported in small ruminants [18,21,30]. However,
this is the first time that A. phagocytophilum-like 1 variant in sheep and goats have been
reported in the country.

Contrary to A. phagocytophilum, it has been suggested that both Japanese and Chinese
variants do not cause clinical infection in ruminants [8,17]. In this study, a high prevalence
for A. phagocytophilum-like 1 variant was determined (26.5%), but no clinical infection
for tick-borne fever was observed in sheep and goats during sample collection. This
result is consistent with the previous suggestions that A. phagocytophilum-like variants are
considered non-pathogenic for ruminants [8,16,17]. The prevalence of A. phagocytophilum-
like 1 (26.5%) in small ruminants obtained in this study was higher than that observed in
Tunisian sheep (7%) and goats (13.1%) [8], however, it was lower than that observed in
other studies conducted in Mediterranean small ruminants (122/203, 60%) from Tunisia
and Italy [17].

It has been previously suggested that serological cross-reactions occur between A.
phagocytophilum and other Anaplasma species [31,32]. The same situation may be true in
some circumstances for molecular markers, for example a pair of primers (SSAP2f/SSAP2r)
based on the 16S rRNA gene of A. phagocytophilum were designed for the specific amplifi-
cation [10]. However, it has been shown that these primers also detect distinct Anaplasma
variants related to A. phagocytophilum [7,8,24]. In this work, the frequency of pathogenic A.
phagocytophilum was 1.4%, which is not consistent with the previous studies in Turkey that
reported values of 66.7% in Central Anatolia [30] and 19.7% in Eastern Anatolia [21]. The
high infection rates obtained in the previous studies may be due to the selected primers for
the amplification of A. phagocytophilum. EE1/EE2 and SSAP2f/SSAP2r primers have been
selected to detect A. phagocytophilum in the studies conducted in Central Anatolia [30] and
Eastern Anatolia [21], respectively. However, the EE1/EE2 primers are universal for the
detection of all Anaplasma spp. including A. phagocytophilum-like variants [33]. It has been
also reported that the SSAP2f/SSAP2r can amplify not only A. phagocytophilum, but also A.
phagocytophilum-like variants [7,8,24]. This study provides molecular data for the circula-
tion of A. phagocytophilum and A. phagocytophilum-like 1 Turkish small ruminants. Therefore,
cross-reactivity between A. phagocytophilum and related variant should be considered in
interpreting the findings of surveys to be carried out in the area, where A. phagocytophilum
and A. phagocytophilum-like variant co-exist.

As several domestic and wild mammals are hosts or reservoirs for A. phagocytophilum [1,2],
abundance and intensity of the tick vector, I. ricinus in Europe including Turkey are
considered a major factor affecting the distribution of the pathogen in a specific area. It
is well known that there is no I. ricinus in the Eastern and Central Anatolian regions of
Turkey [34]. It has been reported that A. phagocytophilum is transmitted by Ixodes spp. (I.
persulcatus, I. scapularis and I. ricinus) in some parts of the world including in Europe [1,35].
In Turkey, I. ricinus collected from humans were positive for A. phagocytophilum [5]. So far,
data on the transmission of A. phagocytophilum-like variants by ticks are lacking. A recent
study reported that R. turanicus was common in sampled sheep and goats in Tunisia, and
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one R. turanicus tick feeding on the goat was found to be infected with A. phagocytophilum-
like 2 [28]. In the present study, potential vectors of A. phagocytophilum-like 1 was not
studied, but we found that the sampled sheep and goats were commonly infested with
R. bursa (86%), R. turanicus (6.6%), D. marginatus (6.4%), and very rarely I. ricinus (0.06%,
only one specimen). Our finding also showed a correlation between Anaplasma positivity
and the presence of ticks (p = 0.0003), compatible with the finding that the prevalence
of A. phagocytophilum-like 1 was higher in goats infested by ticks than in not infested [7].
Based on the abundance of Rhipicepahlus and Dermacentor ticks and the very rarity of I.
ricinus, we can assume that Rhipicephalus and Dermacentor may play an important role
in the transmission of A. phagocytophilum-like 1 rather than I. ricinus. This assumption
is supported by the previous findings that a high prevalence of A. phagocytophilum-like
variants have been reported in ruminants in the higher semi-arid area of Tunisia, where
I. ricinus is not present [8]. However, more detailed studies are needed to validate this
assumption and to establish what tick species may play a role in the transmission of A.
phagocytophilum-like 1 in Turkey.

Our sequencing validated RFLP findings, and showed that the sampled small ru-
minants were found to be infected with A. phagocytophilum-like 1. Phylogenetic analysis
indicated two main separate branches. The Aplike1OvineCaprine (MT881655) variant
obtained in this study, as well as those previously reported from sheep, goats, cattle, and
ticks, formed a monophylogenic clade distinct from A. phagocytophilum and A. phagocy-
tophilum-like 2, and other members of Anaplasma spp. [7,8,24].

5. Conclusions

This work provides molecular data for the circulation of A. phagocytophilum-like 1
for the first time in Turkey. The novel strain is widespread in small ruminants in the
Mediterranean area of Turkey with an overall prevalence of 26.5%. This finding revealed
that the variant should be considered in the diagnosis of caprine and ovine anaplasmosis.
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Simple Summary: Scabies or mange caused by Sarcoptess cabiei is the latest addition of WHO’s list
oftropical neglected diseases. It causes severe itching to the host. It has a wide host range including
humans, farm animals, companion animals, and wild animals. It is anemerging/re-emerging disease
with high prevalence in underdeveloped and developing countries. The disease has zoonotic
importance and is of significant public health concern as cross-transmission or species jumping is
very common. To date, fifteen Sarcoptes varieties have been reported as per host origin. Differential
diagnosis at variety level is very crucial for epidemiological study and scratching future eradication
program of the disease. As morphotaxonomy fails to differentiate varieties, use of molecular markers
is crucial. Moreover, it is very important to understand the host-parasite interaction at the systemic
level for a better understanding on the pathogenicity of the disease. Here, we report the genetic
characterization of S. scabiei from India and host-parasite interaction in a porcine model.

Abstract: The burrowing mite Sarcoptes scabiei causes scabies in humans or mange in animals.
It infests a wide range of mammalian species including livestock, companion animals, wild animals,
and humans. Differential diagnosis of Sarcoptes varieties is key for epidemiological studies and
for formulation of an eradication program. Host-parasite interaction at the systemic level is
very important to understand the pathogenicity of the mite. This communication deals with the
preliminary report on the genetic characterization of S. scabiei from India. Moreover, the effect of
S. scabiei infestation on host physiology with special emphasis on serum biochemical parameters,
lipid profile, oxidant/antioxidant balance, stress parameters, and immune responses were evaluated in
a porcine model. Cytochrome C oxidase 1 and voltage-sensitive sodium channel based phylogenetic
study could distinguish human and animals isolates but could not distinguish host or geographical
specific isolates belonging to animal origin. An absence of host-specific cluster among animal
isolates argues against the hypothesis of delineating S. scabiei as per host origin. Elevated levels of
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markers of liver function such as albumin, AST, ALT, ALP, and LDH in infested animals indicated
impaired liver function in infested animals. S. scabiei infestation induced atherogenic dyslipidemia
indicated by elevated levels of total cholesterol, low-density lipoprotein cholesterol and triglycerides,
and a decreased level of high-density lipoprotein cholesterol. Oxidative stress in infested animals
was indicated by a high level of nitric oxide and serum MDA as oxidative stress markers and low
antioxidant capacity. S. scabiei triggered stress response and elevated levels of serum cortisol and
heat shock proteins were recorded in infested animals. S. scabiei infestation increased the serum
concentration of immunoglobulins and was associated with up-regulation of IL-2, IFN-γ, IL-1β,
and IL-4 indicating both Th1 and Th2 response. The results of the study will be helpful for a better
understanding of host-parasite interaction at the systemic level in crusted scabies in pigs.

Keywords: Sarcoptes scabiei; host-parasite interaction; molecular characterization; lipid profile;
antioxidant

1. Introduction

Scabies in human, or mange in animals, caused by the burrowing mite Sarcoptes scabiei, is a neglected
tropical infectious disease and is prevalent worldwide especially in developing and under-developed
countries [1,2]. It infests more than 100 mammalian species including livestock, companion animals,
wild animals, and humans [3–5]. Mange is considered as an emerging/re-emerging infectious disease
and imparts huge economic loss to the livestock industry due to devastating morbidity and reduced
production [3,5]. It is regarded as a significant public health concern in underdeveloped and developing
countries as it is frequently associated with bacterial super-infection, which may sometimes be fatal
especially in children if not treated in time [6]. Worldwide, around 300 million people are estimated to
be infested with scabies every year [7] and its prevalence among children in Africa and indigenous
communities of Northern Australia is astoundingly high ranging from 25 to 80% [8–10]. Scabies is
broadly categorized into two forms, ordinary scabies with low mite burden (<20) or crusted scabies
with high mite load and hyper-keratosis of the skin [11]. The mite S. scabiei causes inflammation of the
skin which is associated with an exudate which forms crusts on the surface [12].

Controversy and conflicting opinion exist regarding speciation of S. scabiei; some believe that
S. scabiei infesting different hosts are monospecific whereas others claim that they belong to different
species or subspecies [13,14]. Currently, there is a broad consensus that the species Sarcoptes is divided
into different varieties as per its host origin [13,15] and to date, more than 15 diverse varieties have been
reported [2,16]. Of recent, this hypothesis has been challenged as cross-transmission or species jumping
is very common in some varieties [17]. Therefore, differential diagnosis of Sarcoptes varieties is crucial for
epidemiological studies [18] and formulating eradication strategies [15]. Morphotaxonomy has failed
to differentiate between varieties as they share similar morphology [19]. Molecular diagnosis based
on ribosomal DNA spacer region has been unsuccessful in identifying S. scabiei to the host level [20]
and immunological diagnosis is also very challenging as different varieties produce immunologically
identical proteins [21]. Recently, mitochondrial cytochrome oxidase 1 (COX1) based marker has shown
promising results in varieties level confirmation of S. scabiei infestation. No information on genetic
characterization or molecular confirmation in S. scabiei is available from India. The present study seems
to be the first report on the genetic characterization of S. scabiei from India.

Sarcoptic mange is a very common ectoparasite disease in pigs [22,23]. It affects growth rate
and reproductive performance in pigs and increases piglet mortality [24–26] leading to significant
economic loss to the swine industry. A rare probability of zoonotic potential of S. scabiei var suis
cannot be ignored [27]; it may be transmitted to affect a variety of different animal host species as well
as pig handlers [28,29] causing severe itching. As pigs in semi-intensive systems in developing and
under-developed countries are generally reared by tribes who keep a close association with the animals,
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there is a chance of transmission to humans, especially children and immunocompromised adults [4].
Moreover, in developed countries, pigs have been kept as pets which can transmit the disease to humans.
Sarcoptic mange is a very common problem in the pig rearing regions of India, especially Northeast
and Eastern parts of India [30]. In the Andaman and Nicobar Islands, Nicobari pigs are reared by
Nicobarese tribal people and close association between tribal people and pigs is observed.

S. scabiei modulates host immunity, inflammatory, and complement reactions in order to be
established to the host skin [31–33]. S. scabiei infestation triggers multiple reactions including
allergic reactions, inflammation, innate immune reactions, and activation of immune components
in the skin [34]. The salivary solutions of burrowing mites contain different bioactive compounds
with potential to influence host physiological functions [35]. Mites are reported to influence the
cytokine and chemokine secretion from keratinocytes and dermal fibroblasts [31,33] and disturb
the balance between Th1 and Th2 immune responses [36]. In addition, S. scabiei has been reported
to disturb the antioxidant defense system in mammalian hosts [37,38]. However, the studies were
mostly in vitro using skin equivalents [31]. Little is known about the host parasite interaction in
S. scabiei infestation at the systemic level. Therefore, the study aims at genetic characterization
of S. scabiei isolated from Nicobari pigs and a better understanding on host parasite interactions
with special emphasis on serum biochemical parameters, lipid profile, oxidant/antioxidant balance,
stress parameters, and immune responses.

2. Materials and Methods

2.1. Ethics Approval

This research has been approved by the Institute Animal Ethics Committee (IAEC) of
ICAR-Central Island Agricultural Research Institute (ICAR-CIARI), Port Blair, Andaman and
Nicobar Islands, India on 12 January 2020 and the ethical approved project identification code
is ‘ICAR-CIARI/AS/AICRP-Pig/IAEC/4960 dated 12 January 2020’. All the methods were performed in
accordance with the relevant national guidelines and regulations.

2.2. Study Area and the Animals

The study was conducted on Nicobari pigs maintained at the institute pig farm of ICAR-CIARI
(11.6060◦ N, 92.7058◦ E). Sarcoptic mange infestation in pigs was identified during a routine visit to
the farm. Fifteen S. scabiei-infested animals (5–6 months old, 8 male and 7 female) participated in the
present study. Ten healthy animals (5–6 months old, 5 male and 5 female) were treated as control.
Absence of S. scabiei infestation in control animals was confirmed by dermatological and microscopic
examination. All the animals were examined for presence of fleas, lice, ticks, or any other ectoparasite,
and animals negative for these were only considered in the study. Coproscopic examination for
light and heavy eggs [12] confirmed that the animals were free from gastrointestinal parasites and
the animals were serologically negative for classical swine fever which is endemic to the Andaman
and Nicobar Islands. Both control and infested animals were maintained in 12-h light-dark cycle on
concrete floor in separate pens to avoid chance of transmission of sarcoptic mange and fed with a
commercial diet containing 18% crude protein, 2% crude fat, 6% crude fiber, 4% acid insoluble ash and
10% moisture. The animals were offered water ad libitum.

2.3. Collection and Processing of Clinical Samples for Microscopic Analysis

Skin scrapings were collected from the infested Nicobari pigs using surgical blades. Mineral oil
was applied on the surgical blades and scrapings were taken from the crusted area of skin till little
blood appeared. Collected material was boiled in 10% sodium hydroxide (NaOH) (w/v) solution to
dissolve the keratinized tissue and was centrifuged at 500× g for five minutes and the sediment was
examined under 100×magnification in a light microscope (Trinocular Compound Microscope, Quasmo,

53



Animals 2020, 10, 2312

Ambala, Haryana, India 180129/53268). Photographs of different stages of mite and eggs present were
taken at 400×magnification.

2.4. DNA Extraction

DNA from skin scrapings was isolated by a commercial kit (DNeasy Blood and Tissue kit,
Cat. No. 69504, Qiagen, Hilden, Germany). Briefly, 25 mg of skin scrapping was ground in lysis buffer
using a sterile pestle and motor. For cell lysis, proteinase K was added to the ground scrapings and
it was incubated at 56 ◦C in a water bath overnight. The completely lysed samples were used for
genomic DNA extraction as per protocol recommended by the manufacturer. The DNA samples were
kept at −80 ◦C until further use.

2.5. Amplification and Sequencing of Cytochrome C Oxidase Subunit 1 (COX1) and Voltage Sensitive Sodium
Channel (VSSC) Gene Segments

For molecular identification and characterization of the mite, two gene segments namely COX1
and VSCC were chosen [34]. COX1 and VSCC gene fragments were amplified using primers described
earlier by Erster et al. [34]. The PCR was performed in Thermocycler (Eppendorf, Hamburg, Germany)
with the cycling conditions mentioned previously [34]. The amplicons were purified using a commercial
kit (MinElute PCR Purification Kit, Cat. No. 28004, Qiagen, Hilden, Germany) as per manufacturer’s
protocol and sequence information was generated by dideoxy fingerprinting.

2.6. Sequence Analysis

Representative COX1 and VSSC sequences of S. scabiei from different hosts distributed in different
geographical regions were retrieved from GenBank (www.ncbi.nlm.nih.gov) and a summary of the
information has been depicted in Table S1. Alignment of the sequences was done by ClustalW [39]
in MEGAX [40]. Phylogenetic tree was constructed in MEGAX using Maximum Likelihood method
and Tamura–Nei model [41]. The reliability of the tree was judged by 1000 bootstrap replications.
For phylogenetic tree construction, we trimmed extra nucleotides from our sequences and GenBank
retrieved sequences to make a homogeneous length of 193 bp for COX1 and 436 bp for VSSC.
Evolutionary relationship among different sequences was deduced by median-joining networks
constructed in Network v 10 with default settings [42].

2.7. Estimation of Biochemical Parameters

Commercially available kits (TBL, Solan, India) were used for estimation of serum biochemical
parameters such as total protein, albumin, globulin, glucose, aspartate aminotransferase (AST),
alanine aminotransferase (ALT), alkaline phosphatase (ALP), lactate dehydrogenase (LDH) and
creatine kinase (CK). The parameters were assessed in an automated clinical chemistry analyzer
(Transasia Biomedical Limited, Mumbai, India). The reference values of the parameters are presented
in Table S2.

2.8. Estimation of Oxidative Stress Parameters

To investigate the oxidant/antioxidant balance in serum following S. scabiei infestation, the markers
of oxidative stress such as serum level of total nitric oxide (NO), total serum antioxidant activity,
malonyldialdehyde (MDA) concentration, as well as the levels of antioxidant enzymes; superoxide
dismutase (SOD), glutathione-S-transferase (GSH), catalase were determined and compared to
control animals.

NO level was evaluated by a commercial kit (EZAssayTM Nitric Oxide Estimation kit, HiMedia
Laboratories Pvt. Ltd., Nashik, India) according to the manufacturer’s instructions. The principle
of the assay is the reduction of NO3 which was then converted to a blue-colored azo compound.
The absorbance was recorded at 630 nm.
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Antioxidant activity in serum was estimated by a colorimetric kit (EZAssayTM Antioxidant Activity
Estimation kit, HiMedia Laboratories Pvt. Ltd., Nashik, India) following the protocol recommended
by the manufacturer.

Level of lipid peroxidation was measured by measurement of malonyldialdehyde (MDA). Levels of
MDA in serum were measured by a commercial colorimetric based assay kit (EZAssayTM TBARS
estimation kit for lipid peroxidation, HiMedia Laboratories Pvt. Ltd., Nashik, India).

Serum levels of catalase, superoxide dismutase, glutathione-S-transferase were measured by
ELISA based methodology using catalase assay kit, superoxide dismutase assay kit, and glutathione
assay kit (Cayman chemicals, Ann Arbor, MI, USA) as per manufacturer’s protocol.

2.9. Estimation of HSPs in Serum

Serum levels of four heat shock proteins (HSP20, HSP40, HSP70, and HSP90) in infested
and control animals were measured by ELISA-based methodology on biotin double antibody
sandwich technology using commercial kits (Porcine HSP20, HSP40, SHP70 and HSP90 ELISA kit,
Arsh Biotech Pvt. Ltd., Life Technologies, Delhi, India). Briefly, serum samples were added to the
wells pre-coated with the respective HSP monoclonal antibodies. This was followed by the addition of
respective anti-HSP antibodies labeled with biotin-streptavidin-HRP complex. Washing was done
to remove the unbound proteins. This was followed by the addition of substrates and measurement
of absorbance at 450 nm using a microplate reader (SpectraMax Plus, Molecular Devices, San Jose,
CA, USA).

2.10. Measurement of Cortisol in Serum

Cortisol level in serum was measured by ELISA, based on biotin double antibody sandwich
technology using a commercial kit (Porcine Cortisol ELISA kit, Arsh Biotech Pvt. Ltd., Life Technologies,
Delhi, India) as per the protocol of the manufacturer. Briefly, serum samples were added to cortisol
monoclonal antibodies pre-coated wells. This was followed by the addition of anti-cortisol antibodies
labeled with biotin-streptavidin-HRP complex. Washing was done to remove the unbound proteins.
This was followed by the addition of substrates and measurement of absorbance at 450 nm using a
microplate reader (SpectraMax Plus, Molecular Devices, San Jose, CA, USA). The reference value of
cortisol is presented in Table S2.

2.11. Lipid Profile Analysis

Serum levels of total cholesterol (TC), high-density lipoprotein cholesterol (HDLc), low-density
lipoprotein cholesterol (LDLc), and triglycerides (TG) were evaluated. Levels of TC, HDLc, and TG
were determined by enzymatic methods using commercially available kits (Jeev Diagnostics Pvt. Ltd.,
Chennai, India; Pathozyme Diagnostics, Kholapur, India; and Spinreact, S.A., Spain respectively).
The concentration of LDL was deduced by the following formula: LDL = TC −HDL − (TG ÷ 5) [43].
Moreover, we calculated cardiac risk factor (CRF) and atherogenic index (AI) using the following
formulas: CRF =TC/HDL [44] and AI = (TC − HDL)/HDL [45]. The reference values of the parameters
are presented in Table S2.

2.12. Estimation of Serum Immune Parameters

The concentrations of total IgG, IgA, and IgM in serum were determined using quantitative ELISA
kits (Arsh Biotech Pvt. Ltd., Delhi, India) according to the manufacturer’s instructions.

Serum levels of cytokines (IL-2, IL-4, IL6, IL-8, IL-12, IL-1β, IFN-γ) in the serum of S. scabiei-infested
and control animals were measured by sandwich ELISA methodology using commercial kits from Life
Technologies, New Delhi, India.
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2.13. Estimation of Apoptotic Markers

Serum concentrations of three apoptotic markers (Caspase-3, Caspase-7, and Casepase-8) were
estimated by Nori® porcine ELISA kits (Life Technologies Pvt. Ltd., Delhi, India) according to the
manufacturer′s manual.

2.14. Histopathology

Skin scrapings from infested animals were collected and fixed in formalin solution (10%) at room
temperature and a routine process was adopted for histopathology. In brief, samples were passed
through ascending grades of alcohol (70–100%) for dehydration. The dehydrated samples were then
cleared in benzene, transferred to melted paraffin (60 ◦C) for impregnation, and paraffin blocks were
finally prepared in metal molds. Sections were prepared by using microtome (Leica, Wetzlar, Germany;
Catalogue No. RM2235) at 5µM Slides were prepared as per standard protocol and were stained with
hematoxylin and eosin.

2.15. Statistical Analysis

Data were presented as mean ± standard deviation and were normally distributed. Differences
among control and infested groups were calculated by t-test using GraphPad Prism software (San Diego,
CA, USA) (http://www.graphpad.com). The mean values with a significance of p < 0.05 were considered
to be statistically significant.

3. Results

3.1. Clinical Signs of the Infested Animals

Clinical examination showed intense pruritus associated with hyperkeratosis and crusts in the skin.
Skin of the animals was thickened and wrinkled in appearance which was a characteristic feature of
crusted scabies/Norwegian scabies. Alopecia in the affected area was observed (Figure 1a).
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sodium channel (VSSC) gene segments. Infested animals were positive for both of the gene 
fragments whereas control animals were negative. Primer specificity was verified using the lice 
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3.2. Microscopic Examination 

Figure 1. Sarcoptes scabiei infestation in Nicobari pig. (a) An infested animal with thickened and wrinkled
skin and hair loss (black arrows), (b) mite egg (400× magnification), (c) mite egg containing larvae
(400×magnification), (d) mite nymph (400×magnification), (e) larval stage of mite (400×magnification),
(f) amplification of cytochrome C oxidase subunit 1 (COX1) and voltage sensitive sodium channel
(VSSC) gene segments. Infested animals were positive for both of the gene fragments whereas control
animals were negative. Primer specificity was verified using the lice (Haematopinus suis) DNA as
negative control.

3.2. Microscopic Examination

On the basis of clinical symptoms, skin scrapings from infested animals were examined under
microscope for the presence of mites. Microscopic examination confirmed the presence of eggs,
eggs with six-legged larvae, and nymphal stage of S. scabiei (Figure 1b–e). The nymphal stages had
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short legs. The third and fourth pair of legs never projected beyond the body. Morphologically the
mites were indistinguishable from Sarcoptes [12].

3.3. Molecular Identification and Characterization of S. scabiei

For molecular confirmation, one mitochondrial gene (COX1) and one nuclear gene (VSSC) were
amplified using Sarcoptes specific primers and amplicons of both the genes were detected in infested
pigs whereas in control pig, no amplicons were observed (Figure 1f). Specificity of the PCR was verified
by using pig lice (Haematopinus suis) DNA as a negative control for both the genes (Figure 1f).

For differential diagnosis and molecular characterization, we generated partial sequence
information of COX1 (2 samples) and VSSC (one sample) and the sequences were deposited in
GenBank and obtained accession number MN986997-MN986998 for COX1 and MN986999 for VSSC.
The sequences of COX1 and VSSC were 686 bp and 498 bp in length respectively. For phylogenetic
analysis, we retrieved representative S. scabiei COX1 and VSSC sequences from different hosts
distributed in different geographical regions. COX1 based phylogenetic tree (Figure 2a) indicated
three distinct clades; two for human isolates (Clade A and B) and one for animal isolates (Clade C).
In Clade A, two clearly defined clusters were detected; one includes human isolates from Hong Kong,
South Korea, China and the other includes human isolates from France and Australia. Clade B contains
human isolates from Panama. On the contrary, no host or region-specific clusters were observed in
animal clade (Clade C). From the phylogenetic tree, it was evident that the Andaman isolates were
phylogenetically close to pig isolate of Israel. A median-joining network was constructed to understand
the evolutionary relationship of S. scabiei isolates. Two human-specific clades and one animal-specific
clade were detected (Figure 2b).
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Phylogenetic tree based on VSSC sequences showed three host-specific distinct clusters, one for
human isolate (Cluster A) and the other two for animal isolates (Figure 2c). Within animal isolates,
pig and erinaceus isolates formed one cluster (Cluster B) whereas oryctolagus, golden jackal, vulpes,
and canis isolates formed another cluster (Cluster C). Pig isolates of Andaman belonged to Cluster B
with pig isolates from Israel, Australia, and erinaceus isolate from Israel. The VSSC based network tree
is presented in Figure 2d and three clearly defined clusters were depicted.

3.4. Serum Biochemical Parameters in Crusted Scabies

A significant decrease in plasma, total protein, albumin, and glucose, and significant increase
in globulin, ASL, ALT, CK, LDL, and ALP in infested group as compared to those of control group
was observed (Figure 3). Moreover, the ration of albumin and globulin (A:G) in infested group
(0.6359 ± 0.048) was decreased than that of control group (1.121 ± 0.066).

Figure 3. Effect of crusted scabieson serum biochemical parameters in a porcine model. (a) Serum total
protein, (b) serum albumin, (c) serum glucose, (d) serum globulin, (e) alanine aminotransferase (ALT),
(f) aspartate aminotransferase (AST), (g) alkaline phosphatase (ALP), (h) creatine kinase (CK), (i) lactate
dehydrogenase (LDH). Data in scatter plot are shown as mean ± SD. t-test was performed to find out
significant difference between the two groups. **** denotes p ≤ 0.0001.

3.5. Crusted Scabies Leads to Dyslipidemia in Pigs

The results of the lipid profile analysis are presented in Figure 4. In the infested group,
an atherogenic dyslipidemic profile indicated by elevated levels of total cholesterol, low-density
lipoprotein cholesterol (LDL-c) and triglycerides (TG), and a decreased level of high-density lipoprotein
cholesterol (HDLc) as compared to control group was observed. This was further supported by higher
CRF and AI values in infested animals than those of control animals.
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Figure 4. Effect of crusted scabies on serum lipid profile in a porcine model. (a) Total cholesterol (TC)
concentration, (b) triglycerides (TG) concentration, (c) high-density lipoprotein cholesterol (HDLc)
concentration, (d) low-density lipoprotein cholesterol (LDLc) concentration, (e) cardiac risk factor (CRF),
(f) atherogenic index (AI). Data in scatter plot are shown as mean ± SD. t-test was performed to find
out significant difference between the two groups. **** denotes p ≤ 0.0001.

3.6. Crusted Scabies Induces Oxidative Stress

To investigate the effect of S. scabiei infestation on oxidant/antioxidant balance in serum, the markers
of oxidative stress such as total antioxidant activity (T-AOC), total nitric oxide (TNO) concentration,
levels of lipid peroxides, and malonyldialdehyde (MDA) as well as the levels of antioxidant enzymes;
superoxide dismutase (SOD), glutathione-S-transferase (GSH) and catalase were determined and
compared to control animals (Figure 5). The infested group showed significantly higher serum
total nitric oxide (TNO) concentration than the control group. Total antioxidant activity (T-AOC)
in the infested group was significantly lower than that of control group. Activity of catalase, SOD,
and concentration of GSH in infested animals decreased significantly as compared to those of
control animals. On the other hand, MDA concentration in the infested group was found significantly
higher than its corresponding value in the control group (Figure 5).
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Figure 5. Effect of crusted scabies on antioxidant profiles and oxidative stress indicator in a porcine model.
(a) Total nitric oxide (NO) concentration, (b) total antioxidant capacity (T-AOC), (c) superoxide
dismutase (SOD) activity, (d) catalase activity, (e) glutathione-S-transferase (GSH) concentration,
(f) malonyldialdehyde (MDA) concentration. Data in scatter plot are shown as mean ± SD. t-test was
performed to find out significant difference between the two groups. **** denotes p ≤ 0.0001.

3.7. Crusted Scabies Is Associated with Stress

To investigate whether S. scabiei infestation leads to stress in host animals, level of stress biomarkers
such as serum cortisol concentration and serum levels of four heat shock proteins (HSP20, HSP40,
HSP70, and HSP90) in control and infested animals were analyzed. Serum cortisol concentration in
infested group was found significantly higher than that of control group (Figure 6).
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Figure 6. Effect of crusted scabieson serum cortisol concentration in a porcine model. Data in scatter
plot are shown as mean ± SD. t-test was performed to find out significant difference between the
two groups. **** denotes p ≤ 0.0001.

HSP20, HSP70, and HSP90 were up-regulated in infested animals compared with the control
animals. On the other hand, no significant change in HSP40 level between control and infested animals
was detected (Figure 7).

Figure 7. Effect of crusted scabies on serum heat shock proteins (HSPs) concentration in a porcine model.
(a) HSP20, (b) HSP40, (c) HSP70, and (d) HSP90.Data in scatter plot are shown as mean ± SD. t-test was
performed to find out significant difference between the two groups. **** denotes p ≤ 0.0001.

3.8. Crusted Scabies Up-Regulates Serum Levels of Apoptotic Markers

Serum concentrations of all three apoptotic markers (Caspase 3, 7, and 8) in infested and control
animals were recorded. Up-regulation of all three apoptotic markers was detected in infested group as
compared to control group (Figure 8).
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Figure 8. Effect of crusted scabieson serum levels of apoptotic markers in a porcine model. (a) Caspase 3,
(b) caspase 7, (c) caspase 8. Data in scatter plot are shown as mean ± SD. t-test was performed to find
out significant difference between the two groups. **** denotes p ≤ 0.0001.

3.9. Crusted Scabies Alters Immune Response

Effect of S. scabiei infestation on the concentration of immunoglobulins and the level of cytokines
were evaluated. Significantly higher concentrations of serum IgA, IgG, and IgM were detected
in the infested group as compared to those of the control group (Figure 9a–c). Up-regulation of
pro-inflammatory cytokines (IL-2, IL-6, IL-12, IL-1β, and IFN-γ) and anti-inflammatory cytokine
IL-4 were detected in the infested group than the control group (Figure 9d–j). On the other hand,
no significant difference in IL-8 concentration between the two groups was detected (Figure 9g).
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Figure 9. Effect of crusted scabieson total serum immunoglobulins and cytokine response in a
porcine model. (a) Total IgA, (b) total IgG, (c) total IgM, (d) IL-2, (e) IL-4, (f) IL-6, (g) IL-8, (h) IL-12,
(i) IL-1β, and (j) IFN-γ. Data in scatter plot are shown as mean ± SD. t-test was performed to find out
significant difference between the two groups. ** denotes p ≤ 0.01, **** denotes p ≤ 0.0001.

3.10. Histopathology

Parakeratotic hyperkeratosis characterized by thickening of the stratum corneum and the presence
of nuclei was observed. Mite with its exoskeleton and remnants were detected in the tunnel of stratum
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corneum of the epidermis and appeared as a cleft in the upper epidermis. Epidermis exhibited
acanthosis and spongiosis associated with dense eosinophilic dermal infiltrate. Superficial perivascular
or diffuse infiltrate of lymphocytes and histiocytes, accompanied by neutrophils and eosinophils were
evident in the dermis. There was psoriasiform hyperplasia characterized by epidermal projections into
the dermis for interdigitaion with dermal papillae. Excessive production of squames suggested crust
formation (Figure 10).
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prevailed in the tunnel of stratum cornium of epidermis (original magnification 100×, scale bar:
200 µm), (b,c) Parakeratotic hyperkeratosis characterized by upsurge in the thickness of the stratum
corneum and excessive production of squames (arrow) followed by infiltration (arrow head) into
epidermis suggested crust formation. There was infiltration of cells especially eosinophils (arrow head)
into epidermis and dermal vascular area causing dermatitis (original magnification 200×, scale bar:
100 µm), (d) Psoriasiform hyperplasia: Note the epidermal projections (block arrow) into the dermis
for interdigitaion with dermal papillae (original magnification 100×, scale bar: 200 µm).

4. Discussion

Scabies is considered a disease of resource-poor communities of underdeveloped and developing
countries and a neglected tropical disease [46]. Wide host range and presence of different varieties
necessitate differential identification for epidemiological study and for designing eradication strategy.
S. scabiei infestation in multiple hosts including humans, companion animals, farm animals, lab animals,
and wild animals throughout the globe points toward pathogen dispersal and spillover [47,48].
Bidirectional interactions among human, animals, pathogen, and environment might be the underlying
reason behind its multi-host adaptation [49]. As morphological and serological tests are not much
successful at variety level identification, molecular markers have emerged as alternative differential
diagnostic tools. Mitochondrial cytochrome C oxidase subunit I gene (COX1) is a well-established
universal marker for species identification due to its high variability [50,51] and is being used extensively
for DNA bar-coding of medically important parasites [52]. Erster et al. [34] used nuclear marker
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VSSC for genetic characterization of S. scabiei from multiple hosts in Israel. In the present study,
we used COX1 and VSSC markers for molecular characterization of the S. scabiei isolated from pig host.
COX1 based phylogenetic tree (Figure 2a) indicated that isolates under animal clade (Clade C) were
phylogenetically closer to Clade B (human isolates from Panama) than Clade A (human isolates from
Hong Kong, South Korea, China, France, and Australia). In general, human isolates of S. scabiei are
heterogeneous in nature, and proximity of Clade B and Clade C may be due to low gene flow between
mites of those groups [53]. COX1 and VSSC based phylogenetic study could not distinguish host
or geographical specific isolates belonging to animal origin. Absence of host-specific cluster among
animal isolates argues against the hypothesis of delineating S. scabiei as per host origin and provides
support to the hypothesis that S. scabiei from different hosts and different geographical location arose
from a single speciation event [16,54,55]. Evolution of different varieties in different hosts might be
due to mitochondrial capture or selective sweep phenomenon which is considered as the driving
force behind uniparental inheritance [56]. This hypothesis has been proposed as the adaptation of
Sarcoptes in different marsupials in Australia [48]. Moreover, parasites with low independent dispersal
capacities face strong population bottlenecks; under such situations they lower their genetic diversity
to maintain their adaptive potential [57,58]. This might explain the low genetic diversity in S. scabiei
among animal isolates.

S. scabiei is a contagious disease with a broad host range of more than 100 species and its effects
across species are generally conserved [59]. Therefore, it is reasonable to assume that understanding
the changes in one host may have significance in other hosts [60]. In recent years, pigs have gained
popularity as a biomedical model in translational research due to its anatomical and physiological
similarity with humans [61,62]. Close resemblance between human and pig in clinical manifestation and
disease progression of S. scabiei [63,64] underscore the importance of porcine model in understanding
host-parasite interactions of scabies/mange. The present study showed marked changes in serum
biochemical parameters, lipid profiles, stress parameters, oxidant/antioxidant balance, and immune
parameters following crusted scabies in a porcine model.

Increased ALT, AST, ALP, LDH, CK, and decreased albumin and glucose levels in infested
animals indicate organ damage, especially compromised liver function [65]. Oxidative stress has
been associated with cell necrosis and apoptosis through activation of several cell signaling pathways
such as JNK, mitogen-activated protein kinase (MAPK) leading to cellular and organ damage [66,67].
It is a well-established fact that oxidative stress causes liver injury [68] as the liver is a major target
organ of ROS [69]. Moreover, free radicals, especially ROS catalyze the oxidation of LDL to generate
oxidized LDL and oxidized LDL also promotes cellular apoptosis in different organs [67,70]. In the
present study, crusted scabies induced oxidative stress in pigs which might have detrimental effects
on organs including the liver. Oxidative stress-induced organ damage might explain elevated levels
of AST, ALT, and alkaline phosphatase. Alteration in the biochemical parameters was also reported
in sarcoptic mange affected goats and dogs [37,38,71]. As the liver is the major organ for albumin
synthesis and glucose generation through gluconeogenesis and glucogenolysis [72], impaired liver
function may attribute low levels of glucose and albumin in infested animals. In addition, high ROS has
been reported to impair insulin signaling [73,74] causing an increase in insulin secretion; which might
be another reason for low glucose concentration in infested animals. On the contrary, up-regulation in
globulin production in infested animals might be due to the production of antibodies against S. scabiei
antigens [38]. Low glucose and albumin and high globulin were also reported in Sarcoptes-infested
goats [37] and dogs [38].

Abnormal blood lipid metabolites including elevated TC, LDLc, and TG were detected in infested
animals than control animals. Imbalance in lipid metabolites is considered to be a predisposing cause
of atherosclerosis and cardiovascular disorders [75]. In the present study, atherogenic dyslipidemia
associated with high CRF and AI values in infested animals is an indicator of their susceptibility
towards cardiovascular diseases. Imbalance in lipid metabolism is associated with many dermatological
disorders especially chronic inflammatory skin diseases such as psoriasis, litchen planus, granuloma
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annulare, and histiocytosis [76]. Chronic inflammation in animals with crusted scabies may explain
the abnormal lipid profiles. Moreover, oxidative stress which was also observed in the present
study induced production of TNF-Alpha by Kupffer cells, which might induce inflammation [68].
Increased levels of pro-inflammatory cytokines following infestation might be the underlying cause
behind dyslipidemia [76]. Increased serum levels of pro-inflammatory cytokines such as IL-2, IL-6,
IL-12, IL-1β, and IFN-γ in infested animals were detected in the present study. Pro-inflammatory
cytokines such as IL-6, IFN-γ inhibit the activity of lipoprotein lipase (LPL) [77] which hampers the
clearance of VLDL and LDL cholesterol [78,79] leading to their increased concentration in blood.
Moreover, crusted scabies induced oxidative stress in animals, and under oxidative stress, ROS induced
activation of atherogenic genes via NF-kappa B [67] may further explain the atherogenic dyslipidemia
in infested animals. In addition, alopecia due to infestation results in disruption of pelt-environment
interface which in turn hampers thermoregulation as excessive heat loss to the environment occurs
through the skin. This creates a negative energy balance to the host [60]. Mobilization of fat from fat
stores to meet the energy deficiency may induce imbalance in lipid profile. An imbalance in fatty acid
composition in adipose tissue with up-regulated omega-6 acids and down-regulated omega-3 acids
in S. scabiei infested wombat host was reported [60]. The results of the study indicate that crusted
scabies may shift lipid profile towards atherogenic dyslipidemia with high susceptibility towards
cardiovascular disorder.

We determined the serum concentration of cortisol which is considered a biomarker of stress.
The study found a significant increase in serum cortisol concentration in infested animals than control
animals which indicated that infestation triggered stress response. Hypothalamic-pituitary-adrenal
(HPA) axis, an important hormonal regulator of stress, is thought to be involved in the production of
cortisol hormone [80]. In stressful conditions, activation of HPA axis followed by elevated plasma
cortisol level is an adaptive response of the host [81]. HSPs are constitutively produced in normal
physiological conditions whereas stress of any kind including environmental stress, viral infection,
glucose deprivation, exposure of toxins, and oxidative stress induce over-expression of HSPs or
cell-stress proteins [82]. HSPs are a classic example of proteins with ‘moonlighting functions’ [83]
as they are involved in a number of physiological functions. Besides acting as chaperone and
protein folding, involvement of HSPs in immune function such as antigen processing and presentation,
expression of innate receptors and stimulation of innate immunity is well documented [84]. Moreover,
HSPs, especially HSP70 and 27 play vital roles in stress-induced DNA repair by modulating DNA-repair
enzymes, thus maintaining genome integrity [84]. Stress up-regulates the intracellular production
of HSPs and they are released into the circulation following a non-classical secretion pathway [85].
In the present study, crusted scabies induced cellular and oxidative stress which in turn might have
stimulated over-expression of HSPs. Thus, HSP orchestrated activation of heat shock response is
an adaptation mechanism under stress [86]. Oxidative stress shifts the intracellular environment
towards the oxidative state which in turn disturbs the protein native conformation and proteins lose
their folded structure [86]. HSPs act as sensors to cellular redox changes both in prokaryotes and in
eukaryotes; then give signals for activation of the heat stress response [86]. HSP70 and HSP90 act as the
primary sensors of protein misfolding. Moreover, HSP27 has been reported to act as an antioxidant by
preventing oxidation of glutathione under oxidative stress [87]. HSP70 and HSP90 act as anti-apoptotic
proteins; they exert their role by binding to apoptosis protease activity factor 1 (Apaf-1) blocking
downstream cascades of apoptosis pathway [88,89]. In the present study, the infested animals under
oxidative stress might have induced cellular apoptosis. This is supported by the up-regulation of
serum levels of apoptotic markers in infested animals. The up-regulation of HSPs in infested animals
might be an adaptation mechanism to prevent cellular apoptosis.

Oxidative stress has been reported to be involved in the pathogenesis of several diseases including
parasitic infections [90]. Cellular metabolism produces reactive oxygen species (ROS) and reactive
nitrogen species (RNS) [91]. At a low to moderate level, they are involved in several physiological
functions including cell signaling as well as immune functions [92]. On the contrary, at a high level,
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they cause damage to molecules including lipids, proteins, lipoproteins, and nucleic acids starting
a chain reaction of free radical formation leading to a condition known as oxidative stress [93,94].
Therefore, tight regulation in production of ROS and RNS and delicate balance between beneficial and
detrimental effects is vital for cellular homeostasis. Under oxidative stress, the antioxidant defense
system elicits several antioxidant enzymes to fight against free radicals and maintain homeostasis.
Superoxide dismutase, catalase, and glutathione peroxidase act as first-line defense antioxidants to
suppress or prevent the formation of reactive species in cells [95]. SOD catalyzed the conversion of O2

−
into H2O2 which is further reduced to H2O and O2 by either catalase or glutathione peroxidase [96].
In the present study, it was observed that crusted scabies caused an increase in the production of
serum total NO in pigs. Though we did not measure ROS, oxidative stress induction in infested
animals was evident from the reduction of total antioxidant capacity, activity of catalase, SOD,
and concentration of GSH as well as an increase in MDA concentration as compared to control animals.
The down-regulation of T-AOC and antioxidant enzymes indicate that they have been over-consumed
to tackle oxidative stress [97]. The results of our study are in agreement with the report of Beighet al. [98],
in which decreased catalase and GSH in dogs suffering from dermatophytosis was reported. A decrease
in antioxidant enzyme activities was also reported in buffaloes infested by sarcoptic mange [99]
and in sheep, which was suffering from psoroptic mange [100]. Increased MDA concentration in
infested animals indicated oxidative injury. Cell membranes with a rich store of polyunsaturated
fatty acids are excellent targets for free radical attacks [101] and oxidation of lipid molecules induce
production of MDA [102]. So, MDA, the end product of lipid peroxidation, is considered as a hallmark
of oxidative damage [103]. In the present study, increased MDA concentration in infested animals
might be associated with cellular damage. An increase in skin MDA in S. scabiei infested dogs were
reported by Nwufoh et al. [104].

S. scabiei infestation is associated with modulation of various parameters of host immune
responses; humoral, adaptive, and inflammatory immune responses [31,33]. IgA, IgG, and IgM are the
major immunoglobulins associated with humoral immunity. IgM is produced at the early stage of
antibody response against a foreign antigen. IgG, being the most abundant antibody in blood and
extracellular fluid, is involved in systemic immune response. IgA is generally associated with mucosal
immunity and primarily found in secretions [105]. In the present study, up-regulation of total IgA, IgG,
and IgM in infested pigs than the control group was observed. Elevated levels of immuniglobulins
in infested animals indicated that mite had elicited antibody-mediated immune response against
mite antigens although it was not possible to know whether or not the antibody response was
S. scabiei specific. Up-regulation of total IgG might be a consequence of secondary bacterial infection
which is very common in scabies infestation. Increased IgG in S. scabiei infested rabbits, dogs [21,106],
and human [107] was reported. Elevated levels of circulatory IgA were reported in human crusted
scabies [107].

We further assessed the systemic inflammatory response of the animals by determining serum
levels of pro-inflammatory cytokines including IL-1β, IL-2, IL-6, IL-12, and IFN-γ and anti-inflammatory
cytokine IL-4. Cytokines play key roles in the host immune and inflammatory responses as well as
in the maintenance of tissue integrity [108]. The present study recorded dysregulation of cytokine
balance which might be due to modulation of immunity by S. scabiei released antigens. Th1 and Th2
are the two major subpopulations of T helper cells and parasitic infections are associated with either
Th1 or Th2 polarized immune response [109]. IL-2, TNF-β, and IFN-γ are Th1 cells specific cytokines
whereas Th2 cells release IL-4, IL-5, IL-10, and IL-13 as signature cytokines [110]. Naïve helper T cells
(Th0) can be differentiated to either Th1 or Th2 based on distinct activation pathways; cytokines such
as IFN-γ andIL-12 activates Th0 to Th1 cells, otherwise, IL-10 and IL-4 are crucial stimulatory cytokines
for Th2 cell polarization [111]. Intricate balance among different cytokines is crucial for homeostasis
of mammalian species and imbalance may pose threat to health [112]. In the present study, S. scabiei
infestation was associated with up-regulation of IL-2, IFN-γ, IL-1β, and IL-4 indicating both Th1
and Th2 response. The most probable cause of the mixed Th1/Th2 response might be dysregulation
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of cytokine balance due to modulation of immunity by S. scabiei released antigens or changes of
cytokine levels after a chronic infection. Th1 immune response is generally associated with protection
in most infectious diseases whereas Th2 immune response elicits high titers of antibody production
and cell-mediated inflammation [113]. Moreover, allergic inflammatory diseases are dominated
by Th2 immune response [6]. Induction of mixed Th1/Th2 immune response in the current study
indicates that the immune response to mange infestation is complex and local immune response
analysis is necessary for a better understanding of the disease. Th2 response had been described as
a predominant immune response in crusted scabies and other allergic inflammatory disorders [6].
Bioactive compounds in arthropod saliva trigger different immune response to host. Low molecular
weight salivary components cannot act as antigen but can bind to skin proteins as haptens and stimulate
Th1 response. Some salivary antigens may cause basophil hypersensitivity (Th1 response) by binding
to epidermal langerhans cells. Salivary antigens also may trigger Th2 response in association with IgE
production and type I hypersensitivity [107].

The histopathological findings in the study mimic the classical narrative of sarcoptic mange
in mammalian species [3]. Antigenic materials including excretion and secretions of mites trigger
hypersensitivity reactions in the skin [114] which might be the reason behind eosinophilia observed
in the infested animals. Our observations are consistent with those in vulpes [115], racoon dog [116],
wombats [117] and Iberian ibex [118].

5. Conclusions

This communication is the first report on genetic characterization of S. scabiei from India.
Mitochondrial (COX1) or nuclear (VSSC) based markers could not distinguish S. scabiei at a variety
level especially for animal isolates which suggests that delineating varieties based on host origin is not
warranted. The study contributes to the rich pool of knowledge on the consequences of crusted scabies
on host physiology. We could establish a new connection showing that mange infestation results in an
atherogenic dyslipidemia in the host.
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Simple Summary: Dermanyssus gallinae, a hematophagous ectoparasite, adversely affects the health
status of laying hens, leading to reduced egg production and significant economic losses in commercial
poultry farms. The aim of this study was to determine the effect of D. gallinae on the immunological
parameters (three lymphocyte subpopulations) and post-vaccination antibody titres (against most
important avian pathogens) in layer hens during the egg production cycle. A total of 80 blood
samples were collected at four time-points (B1–B4) from 10 Hy-Line Brown hens naturally infested
with D. gallinae, which were randomly selected from a commercial layer farm. The infestation was
monitored and treated twice with Biobeck PA 910 (active ingredient AI – silicon dioxide). The samples
were collected before and after each treatment. The percentages of subpopulations of B cells and
helper (Th) and cytotoxic (Tc) T cells were determined by flow cytometry. Antibody titres were
determined by the immunoenzymatic method. The percentage of Th cells and post-vaccination
anti-infectious bronchitis virus (anti-IBV) and anti-Newcastle disease virus (anti-NDV) antibodies
decreased significantly at the second infestation peak when the number of parasites was twice
higher than at the first infestation peak. There were non-significant correlations between the number
of mites and antibody titres. These findings suggested that D. gallinae might inhibit humoral
immune responses since the percentages of B cells and Th cells were negatively correlated with the
number of mites. The percentage of Tc cells was positively correlated with the number of mites,
which indicated that D. gallinae could stimulate cellular immune responses in infested laying hens.
However, further research is needed to determine whether D. gallinae suppresses the production of
vaccine-induced antibodies.

Abstract: (1) Background: Dermanyssus gallinae, a hematophagous ectoparasite, adversely affects the
health status of laying hens, leading to reduced egg production and significant economic losses in
commercial farms. The aim of this study was to determine the effect of D. gallinae on the development
of post-vaccination immune responses in layer hens. (2) Methods: A total of 80 blood samples
were collected at four time-points (B1–B4) from 10 Hy-Line Brown hens, randomly selected from
a commercial layer farm. The flock was naturally infested with D. gallinae and treated twice with
Biobeck PA 910 (AI silicon dioxide). The samples were collected before and after each treatment.
The percentages of IgM+ B cells, CD3+/CD4+ T cells and CD3+/CD8a+ T cells were determined
by flow cytometry; the titres of antibodies against avian encephalomyelitis, infectious bronchitis
virus, Newcastle disease virus, Ornithobacterium rhinotracheale, reticuloendotheliosis virus and avian
reovirus were determined by the immunoenzymatic method. (3) Results: The percentage of Th
cells and post-vaccination anti-IBV and anti-NDV antibodies decreased significantly at the second
infestation peak when the number of parasites was twice higher than at the first infestation peak.
Non-significant negative correlations were found between the number of mites and the percentage of B
cells (R = −0.845, p > 0.05) and between the number of mites and the percentage of Th cells (R = −0.522,
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p > 0.05), and a significant positive correlation was noted between the number of mites and the
percentage of Tc cells (R = −0.982, p < 0.05). There were non-significant correlations between the
number of mites and antibody titres. (4) Conclusion: The present findings suggested that D. gallinae
might inhibit immune responses since the percentages of B cells and Th cells were negatively correlated
with the number of mites. The percentage of Tc cells was positively correlated with the number of
mites, which indicated that D. gallinae could stimulate cellular immune responses in infested laying
hens. However, further research is needed to determine whether D. gallinae suppresses the production
of vaccine-induced antibodies.

Keywords: D.gallinae; hematophagousectoparasite; poultryredmite; antibodytitre; lymphocytesubpopulation

1. Introduction

Dermanyssus gallinae (De Geer, 1778) (D. gallinae), commonly known as poultry red mite (prm), is a
temporary ectoparasite, feeding on the blood of wild and domestic birds [1–4]. It is currently the most
serious mite pest in commercial caged layer hen farms [5–9]. Farm conditions favour mass occurrence
and uncontrolled growth of the parasite. Such conditions include high, constant temperature, high
relative air humidity, constant access to the host body and long production cycle (80 weeks) [8,10,11].
The parasite settles in numerous gaps in the poultry house construction and equipment where it goes
through the development cycle of five life stages (egg, larva, protonymph, deutonymph and adults).
It needs the host’s blood for growth in the last three stages [1,12]. They feed briefly and return to their
refugia [13,14]. This way of life makes it poorly accessible to acaricides [8,10,15]. Moreover, there have
been increasing numbers of reports on the prm resistance to acaricides [16–18]. The implementation
of enriched cages (in line with the EU Directive 1999.74/EC) has probably led to a significant and
uncontrolled proliferation of D. gallinae [8,19]. Under heavy infestation, the welfare of the laying hens
significantly decreases. Upon puncturing the skin of the host, the mite introduces toxic saliva that can
cause itching and irritation, which leads to distress and, consequently, poor feed conversion, reduced
egg production and increased bird mortality [10,20,21].

Birds in commercial flocks of laying hens are given preventive vaccination until the 20th week of
their lives. Not only are they important from the economic perspective, but they ensure consumer safety.
Vaccination effectiveness may be affected by feed, genetic, environmental, chemical and biological
(bacteria and viruses) factors. According to the literature, hens, which are chronically exposed to
D. gallinae, do not produce a strong immune response against this parasite. A non-significant correlation
between serum IgY level and red mite population levels has been observed [22]. Another study
has revealed that D. gallinae feeding stimulates Th1 and pro-inflammatory cytokines/chemokines,
initially followed by their subsequent down-regulation [23]. There is also a theory that D. gallinae
might adopt a feeding strategy of minimal host interference, while D. gallinae could determine host
immune status by nymphal/larval survival rates [24]. Our recent studies revealed that D. gallinae
infestation caused somatic and psychogenic stress in layer hens, which led to lower humoral immunity
decrease of γ-globulin in the blood of hens infested by D. gallinae [25,26]. Therefore, the question may
be formulated, whether the pressure (feeding) of D. gallinae may have an immunosuppressive effect
and affect the development of post-vaccination immune responses in laying hens. There has been no
scientific research on the subject. The research on D. gallinae, in an ectoparasite–host immunological
relationship, mainly concerns vaccines against this parasite.

Therefore, the aim of this study was to determine the percentages of subpopulations of B IgM+ cells,
T cells CD3+/CD4+ (Th) and T cells CD3+/CD8a+ (Tc) by flow cytometry and the titres of antibodies
against AE (avian encephalomyelitis), IBV (infectious bronchitis virus), NDV (Newcastle disease virus),
ORT (Ornithobacterium rhinotracheale), REV (reticuloendotheliosis virus) and REO (avian reovirus)
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using the immunoenzymatic method with ELISA tests (IDEXX, USA) in the peripheral blood of laying
hens infested with D. gallinae, controlled with Biobeck PA 910 (active ingredient (AI) silicon dioxide).

2. Materials and Methods

2.1. Birds

Blood samples for analyses were collected from 10 randomly selected laying hens from an industrial
laying hen farm naturally infested with D. gallinae. A flock of 56,400 hens of the Hy-Line Brown line
was kept in battery cages for 54 weeks in conditions complying with the valid standards. Hens were
fed with high-quality feed and watered ad libitum from automatic drinkers. The air temperature in
the hen house was 20–22 ◦C, and the relative humidity (RH) was 40%–60%. The birds were given
prophylactic vaccinations as per the standard programme: Salmonella enteritidis—6–10 days, and
70–74 days, Staphylococcus gallinarum—42–46 days and 16 weeks, Mycoplasma gallisepticum, Mycoplasma
synoviae—56–60 days, infectious bronchitis virus (IBV) and Newcastle disease virus (NDV)—35–39
days and 13 weeks, Gumboro disease (IBD)—22–26 days and 30–34 days, avian encephalomyelitis
(AE) and egg drop syndrome (EDS’76)—12–13 weeks. Day or week indicates the age range of the hen
while vaccinated.

All procedures were conducted according to the prevailing national legislation on the use of
animals in research. The experiment was carried out in compliance with the recommendations of the
Local Ethics Committee for Animal Experimentation in Olsztyn (no. 59/2006).

2.2. Monitoring of the Dermanyssus gallinae Infestation

The infestation of D. gallinae was monitored in 2-week intervals. The parasites were caught
with a system of traps fixed to the cages under the conveyor belt for egg collection, four at each of
fixed selected places, on the second and the fourth row of cages [27]. The traps from each site were
collected separately to a twist-type jar (0.9 L) and sent to the laboratory. The jars with their contents
were cooled down for 30 min at a temperature of −20 ◦C to immobilise the parasites and count them.
The deposit was poured onto a 2 × 2 cm chequered Petri dish, and the parasite life stages; (a) adults,
(b) larvae + nymphs, (c) eggs were counted with a binocular magnifying glass (Olympus, Type SZ,
magn. 40×, Tokyo, Japan). The infestation size was presented as the average number of each life stage
(Figure 1).

Figure 1. The size of the Dermanyssus gallinae population and its life stages following two applications
of the acaricide product Biobeck PA 910 (AI silicon dioxide, Biologische Preparate, Brilon, Germany)
during a 54-week production cycle. (Mite treatment MTI and MTII dates are marked by arrows, blood
sampling B1–4 dates are marked by squares).
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2.3. Controlling of the Dermanyssus gallinae Infestation

The infestation of D. gallinae was controlled with Biobeck PA 910 (AI silicon dioxide, Biologische
Preparate, Brilon, Germany), which was applied in accordance with the manufacturer’s guidelines
at 1–2 g/hen by spraying onto the cages and hens with a device imparting static electricity to it.
Two dates for mite treatment were established based on the results of ongoing monitoring of the
number of different life stages. It was performed in the 22nd and 38th week of the production cycle.
The first mite treatment (MTI) was performed after a rapid increase in the number of D. gallinae was
observed—a nearly two-fold increase in the number of adults and eggs and a four-fold increase in
the number of larvae + nymphs compared to week 16 (Figure 1). The second mite treatment (MTII)
was performed after a two-fold increase, in the number of adults and larvae + nymphs, was recorded
compared to week 32 (the number of eggs was similar).

2.4. Collection of the Blood Samples

Blood samples for cytometric and serological tests were collected at four time-points during
the egg production cycle, from the wing vein of 10 randomly selected hens for each analysis. Blood
samples were collected in the 22nd—B1 (before MTI), 26th—B2 (after MTI), 38th—B3 (before MTII),
42nd—B4 (after MTII) week of the production cycle. Hens were 40, 44, 56, 60 weeks old, respectively,
in B1–B4. A total of 80 blood samples were tested (40 for each analysis). Hens were marked, and the
blood was taken from the same hens each time.

2.5. Flow Cytometry Analysis

Blood samples in the amount of 1.5 mL were collected into test tubes with an anticoagulant
EDTA-K2 (Sarstedt). Subsequently, blood was diluted 1:1 with PBS (phosphate-buffered saline) with
1% fetal calf serum (FCS). The blood samples were layered on 3 mL of Histopaque-1077 gradient
(Sigma-Aldrich, Darmstadt, Germany) and centrifuged in 15 mL FALCON tubes at 400× g at the
temperature of 25 ◦C for 30 min. After centrifuging, the layer of mononuclear cells was carefully
collected into sterile tubes and washed twice with PBS with an addition of 1% FCS and subsequently
suspended in 1 mL PBS. The cells were then counted by the chamber method. A total of 106

cells were collected from the suspension and transferred to cytometric tubes. Two microlitres of
antibodies targeted at surface domains of the CD3 receptor (Mouse AntiChicken CD3-FITC clone
CT-3, SouthernBiotech, Birmingham, AL, USA), CD4 receptor (Mouse AntiChicken CD4-FITC clone
CT-4, SouthernBiotech, Birmingham, AL, USA) and CD8 receptor (Mouse AntiChicken CD8a-Cy5
clone 3-298, SouthernBiotech, Birmingham, AL, USA), T cells and immunoglobulin BCR (IgM+) of
B cells (Mouse AntiChickenIgM-SPRD clone M-1, SouthernBiotech, Birmingham, AL, USA) were
added to each tube. The samples were incubated on ice for 30 min in darkness. Subsequently, the
cells were washed twice in PBS, centrifuged at 250× g for 7 min at 4 ◦C, and the resulting cell pellets
were suspended in 0.5 mL of fixing buffer (CellFIX, Becton Dickinson, Franklin Lakes, NJ, USA) and
refrigerated. The samples were tested after 18 h with a flow cytometer FACSCanto II (Becton Dickinson,
Franklin Lakes, NJ, USA). Immunophenotypic analysis of the lymphocytes was performed with a
specialist software FlowJo (Tree Star, Inc., Ashland, OR, USA).

2.6. Serological Analysis (ELISA)

Blood samples were taken to sterile tubes and refrigerated for 1 h to separate the serum from
morphotic elements. The blood was then centrifuged for 20 min at 4 ◦C at 1000× g. Portions
of 1.5 mL of serum were transferred to microcentrifuge tubes. The titres of antibodies against
AE (avian encephalomyelitis), IBV (infectious bronchitis virus), NDV (Newcastle disease virus),
ORT (Ornithobacterium rhinotracheale), REO (avian reovirus) and REV (reticuloendotheliosis virus)
were determined in accordance with the manufacturer’s guidelines for commercial tests ELISA Pro
Flok HEV Ab (Zoetis, Parsippany, NJ, USA). The absorbance was read out with a BioTek ELx800

78



Animals 2020, 10, 987

(Winooski, VT, USA) plate reader. The data analysis and calculations were performed in the xCheck
IDEXX (Westbrook, ME, USA) software environment.

2.7. Statistical Analysis

The results were analysed statistically by calculating mean values, standard error (SE) and
coefficient of variation (CV%) for antibody titres. Differences between B1–B4 for lymphocyte
subpopulations and antibody titres were analysed using repeated-measures ANOVA test or MANOVA
test if the assumption of sphericity was violated (statistically significant Mauchly test). Tukey’s post
hoc test was used. The statistical significance was declared at p < 0.05. Pearson correlation coefficient
test was used to determine the relationships between mite numbers and lymphocyte subpopulations
and antibody titres.

3. Results

3.1. Development of the Dermanyssus gallinae Infestation

The mean number of different life stages of D. gallinae (adults, larvae + nymphs and eggs) in
consecutive weeks of the production cycle of laying hens; dates of mite treatment (MTI and MTII); dates
of blood sampling for assays (B1–B4) are shown in Figure 1. Two peaks in mite population (PI and PII,
in the study called ‘infestation peak’) during the 54-week production cycle induced by mite treatment
were recorded. The growth of the D. gallinae population was moderate until week 18. Subsequently,
the growth rate increased. A two-fold increase in the number of adults, larvae + nymphs and eggs
of D. gallinae was recorded in week 22 of the production cycle (592 adults, 194 larvae + nymphs and
357 eggs) compared to week 18. Mite treatment I (MTI) was performed, as a result of which the number
of life stages of D. gallinae was reduced significantly (found: 56 adult forms, 16 larvae + nymphs and
10 eggs) in week 24 of the production cycle compared to week 22. The infestation remained at a low
level for 2 weeks. Subsequently, it started to grow rapidly, starting with week 26. The reinfestation peak
(PII) was observed in week 38 of the production cycle (found: 1034 adult forms, 268 larvae + nymphs
and 191 eggs). The second mite treatment (MTII) was performed, which resulted in a statistically
significant reduction in the number of individual life stages of D. gallinae in week 40 of the production
cycle (found: 199 females, 124 larvae-nymphs and 1 egg). The effect persisted for the next 2 weeks.
After that, the population started to regenerate, but statistically non-significant fluctuations of the
numbers of individual life stages were observed. Adults in a number of 574, 282 larvae-nymphs and
251 eggs were observed in the 54th (final) week.

Each mite treatment procedure resulted in a reduction in the number of individual life stages for
2 weeks. After that time, the population re-grew, and the infestation development rate after the second
mite treatment procedure was 2.4 times higher than the infestation development rate compared to MTI.

3.2. Changes in the Percentages of Lymphocytes Subpopulations

The percentages and changes in the populations of Th cells, Tc cells and B cells in laying hens
infested with D. gallinae controlled with Biobeck PA 910 (AI silicon dioxide, Biologische Preparate,
Brilon, Germany) are shown in Figure 2. The Th cells accounted for the highest portion of all the
lymphocytes, followed by B cells and Tc cells in each assay (B1–4). There were 68.52% of Th cells of
total lymphocytes at the infestation peak I (B1). The D. gallinae population decreased after Biobeck PA
910 (AI silicon dioxide, Biologische Preparate, Brilon, Germany) was applied (B2), and the percentage
of the lymphocytes decreased non-significantly (61.25%), and the decrease was continued significantly
at the infestation peak II (B3) (50.34%) compared to B1 (p = 0.0002) and B2 (p = 0.018). Subsequently,
the percentage increased to 60.6% (p = 0.028) after another mite treatment compared to B3. The
analysis of correlation revealed a non-significant negative correlation between mite number and
B cells (R = −0.845, p > 0.05), a non-significant negative correlation between mite number and Th
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cells (R = −0.522, p > 0.05) and a significant positive correlation between mite number and Tc cells
(R = −0.982, p < 0.05).

Figure 2. Changes in the percentages of B IgM+ cells (Lymp B), T CD3+CD4+ cells (Lymp Th) and T
CD3+CD8a+ cells (Lymp Tc) in the peripheral blood of laying hens infested with Dermanyssus gallinae,
controlled with Biobeck PA 910 (AI silicon dioxide, Biologische Preparate, Brilon, Germany). (B1–B4:
blood sampling dates; a,b: different letters indicate statistical differences between groups).

3.3. The Changes in the Titres of Antibodies

The titres of antibodies against AE, IBV, NDV, REV, REO and ORT in laying hens infested with
D. gallinae, controlled with Biobeck PA 910 (AI silicon dioxide, Biologische Preparate, Brilon, Germany),
are shown in Figure 3. The study found a significant decrease in the titre of post-vaccination antibodies
against IBV and NDV at the second infestation peak (B3) (p = 0.014 and p = 0.001, respectively). The
titres of post-vaccination antibodies against AE did not change significantly during the study. However,
a non-significant negative correlation was observed between mite numbers and AE titre (R = −0.564,
p > 0.05). Antibodies against REO, REV and ORT were found despite the hens were not immunised
earlier against those pathogens. The titres of antibodies against REO in subsequent weeks of the study
were 7472, 8163, 2246, 1556. The titres of antibodies against REV were 121, 14, 19, 1. The titres of
antibodies against ORT increased during the production cycle and were 402, 1904, 2921, 2150.

80



Animals 2020, 10, 987

Figure 3. Changes in the titres of antibodies against AE (avian encephalomyelitis), IBV (infectious
bronchitis virus), NDV (Newcastle disease virus), ORT (Ornithobacterium rhinotracheale), REV
(reticuloendotheliosis virus) and REO (avian reovirus) in the peripheral blood of laying hens infested
with D. gallinae, controlled with Biobeck. (B1–B4: blood sampling dates; a, ab, b: different letters
indicate statistical differences between groups).

4. Discussion

This paper was the first report on the effect of D. gallinae infestation on a post-vaccination immune
response in laying hens during the production cycle. Due to difficulties with access to the hen house
free from the infestation of D. gallinae, we could not include a control group. Nevertheless, blood
samples for cytometric and serological analyses were collected at the infestation peaks (on the day of
mite treatment) and after the infestation subsided was recorded. Thus, we could observe the changes
in the studied parameters under high and low mite pressure, which showed how D. gallinae might
affect these parameters.

In the first infestation peak, no significant change in the percentages of B, Th or Tc cells or
antibodies was observed. In the re-infestation of D. gallinae (infestation peak II), a significant decrease
in the Th cells and IBV and NDV post-vaccination antibodies was observed.

Helper lymphocytes (Th) take part in the development of humoral response. They facilitate
activation, proliferation and differentiation of B and Tc cells and have a CD4+ receptor on their surface.
They also recognise antigens after they bind to class II of major histocompatibility complex (MHC)
cells [28,29]. Our study showed a significant decrease in the percentage of these lymphocytes at the
infestation peak II and a subsequent increase when the infestation subsided. These findings suggested
that D. gallinae could inhibit the development of humoral immune response in infested laying hens.

Cytotoxic lymphocytes (Tc) play an important role in acquiring post-vaccine immunity. They
are also called antigen-specific since they have a CD8+ receptor on their surface. A CD3+ receptor is
present on the surface of most mature T cells and thymocytes. They are capable of destroying cells
infected by a virus, cancer cells and of recognising proteins and glycoproteins (antigens) [28]. The
percentage of these lymphocytes, as observed in this study, did not change significantly during the
experiment. However, a strong positive correlation between mite numbers and those cells was reported.
The percentage of these lymphocytes was seen to decrease during the periods of low D. gallinae
infestation. These findings suggested that the parasite could stimulate the cellular immune response in
infested laying hens, but the infestation was not sufficiently high to produce a significant effect.
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B cells play a crucial role in the humoral immune response. They differentiate into memory cells
and/or plasmatic cells, which produce antibodies specific to protein antigens in a complex process
in which antigen-specific CD4+ helper cells take part [29,30]. Like Tc cells, the percentage of these
lymphocytes, observed in this study, did not change significantly during the experiment. Only an
increasing trend was observed for these lymphocytes during the period of low D. gallinae infestation.
Despite the absence of statistical significance, these findings might suggest that D. gallinae could
inhibit the post-vaccination humoral immune response. This was also testified to by a decrease in the
post-vaccination antibody titre during the period of high D. gallinae infestation (Figure 3).

The titres of post-vaccination antibodies of AE, IBV, NDV changed during the cycle in a similar
manner (Figure 3). They decreased with an increasing infestation (B1–B3), and their level increased
after mite treatment (B4). A similar trend was observed in antibodies against REO, against which the
hens were not immunised. On the other hand, antibodies against ORT showed an increasing trend in
the B1–B3. The presence of antibodies against ORT in the blood of the hens under study, despite the
absence of vaccination, indicated the occurrence of field infection. There was no correlation between
mite numbers and antibody titres. Thus, there was insufficient evidence to support the hypothesis that
D. gallinae has a negative effect on the production of post-vaccination antibodies in layer hens. Further
study, including a larger sample size and negative control group, is required.

5. Conclusions

D. gallinae is currently considered to be the most bothersome ectoparasite in the commercial laying
hen farms. Vaccines protect hens against pathogens, which is important from an economic perspective
and consumer safety. Development of vaccine-induced immune responses might be affected by many
factors. The role of D. gallinae as a potential immunosuppressor has been unknown. The present
study was the first report in this area. The present findings suggested that D. gallinae might inhibit
immune responses since the percentages of B cells and Th cells were negatively correlated with the
number of mites. The percentage of Tc cells was positively correlated with the number of mites,
which indicated that D. gallinae could stimulate cellular immune responses in infested laying hens.
However, further research is needed to determine whether D. gallinae suppresses the production of
vaccine-induced antibodies.
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Abbreviations

AE avian encephalomyelitis
ANOVA analysis of variance
B1–B4 blood collection dates correspond to the assay groups
BCR B-cell receptor
CD cluster of differentiation
CV% coefficient of variation
D. gallinae Dermanyssus gallinae
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FCS fetal calf serum
IBV infectious bronchitis virus
IGM immunoglobulin M
Lymp Tc lymphocytes T cells CD3+/CD8a+ (Tc)
Lymp B lymphocytes B IgM+ cells
Lymp Th lymphocytes T cells CD3+/CD4+ (Th)
MANOVA multivariate analysis of variance
MHC major histocompatibility complex
MTI-II mite tratment dates
NDV Newcastle disease virus
ORT Ornithobacterium rhinotracheale
PBS phosphate-buffered saline

PI-II
the peak in the mite population, in this study, referred
to as infestation peak

prm poultry red mite
REO avian reovirus
REV reticuloendotheliosis virus
RH relative humidity
SE standard error
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Simple Summary: In the current study, we investigated the prevalence rate of Oestrus ovis (O. ovis)
larvae in heads of sheep and goats obtained from abattoirs in Riyadh, Saudi Arabia. It was found that
season did not have any significant effect on the characteristics of the larvae that affect sheep, except
for the length of larva, for which those collected in spring differed from those collected in winter
and autumn. In goats, the L3 instar number was significantly higher during summer. Oestrus ovis
larvae were detected in sheep and goats by molecular analysis and they were most closely related to
O. ovis larvae recovered from GenBank.

Abstract: Heads of sheep (n = 600) and goats (n = 800) slaughtered at Al-Aziziah Abattoir in Riyadh,
Saudi Arabia, were inspected for the presence of O. ovis larvae (L). Heads were split along the
longitudinal axes, and larvae (L1, L2, and L3) were gathered. The infestation rate was significantly
higher in goats (44.5%; 356/800) than that in sheep (22.3%; 134/600). Out of the 151 collected larvae
from sheep, 0% were L1, 1.3% were L2, and 98.7% were L3. Out of the total of 468 larvae from goats,
0% were L1, 1.2% were L2, and 98.8% were L3. The infestation rate was significantly higher in males
than that in females. Myiasis-causing larvae collected from Riyadh, Saudi Arabia, were authenticated
as O. ovis, according to morphological characteristics. Polymerase chain reaction (PCR) amplification
of a partial fragment (600 bp) of the mitochondrial cytochrome c oxidase subunit I (mtCOI) gene
further confirmed the species. Phylogenetic analysis based on the partial mtCOI gene sequence
demonstrated that 23 unique sequences showed high similarity based on nucleotide pairs of O. ovis
accessions retrieved from GenBank.

Keywords: myiasis; prevalence; Oestrus ovis; mtCOI; sheep; goats; Saudi Arabia

1. Introduction

The sheep gadfly O. ovis Linnaeus 1761 (Diptera, Oestridae) is one cause of myia-
sis in sheep and goats. Sneezing and nasal discharge are the most prominent clinical
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symptoms of infested animals [1]. Myiasis lowers the health of animals and causes major
economic losses to the livestock industry due to abortion, reduced milk production, loss of
weight gain, and fertility [2]. Oestrus ovis larvae persist in cranial cavities of sheep [3].
The incidence of O. ovis-related myiasis in the Jazan area was previously reported to be
as high as 53.54% [1]. Clinical appearance, morphological characterizations of the larvae
(e.g., slits of the posterior spiracles found on the posterior spiracle plates), and occasional
identification of the adult fly are among the many approaches leading to the diagnosis
of myiasis [4]. Molecular methods facilitate in the diagnosis and detection of a wide
variety of species, including flies that cause myiasis [5,6]. Molecular approaches can be
efficiently used to identify all larval stages [7]. Multiple genetic markers of ribosomal
DNA (16S rRNA, 28S rRNA) and mitochondrial DNA (cytochrome oxidase genes (COI,
COII, and 12S mtDNA)) have been used [8]. A widely used method for the molecular
identification of myiasis-causing larvae belonging to the Oestridae family is the sequencing
of the mitochondrial cytochrome c oxidase subunit I (mtCOI) gene, which contributes to an
essential database for molecular identification of organisms [9,10]. Phylogenetic relation-
ships can be assessed by polymerase chain reaction (PCR) and PCR restriction fragment
length polymorphism (PCR-RFLP) assays [7]. For some species belonging to Calliphoridae,
Sarcophagidae, and Oestridae, the mitochondrial gene subunit has been isolated, prov-
ing effective for molecular phylogenetic studies [4,11–16]. Oestrus spp. larvae identification
can be complicated, as there are considerable morphological similarities within the species.
The objectives of the present study were to investigate the seasonal prevalence of O. ovis
among slaughtered sheep and goats in Riyadh, Saudi Arabia, and to use the sequencing
of the mtCOI gene to identify the phylogenies of O. ovis larvae. One genetic marker, COI,
was used to identify larvae collected from domestic sheep and goats to accurately identify
Oestrus parasites [17].

2. Materials and Methods
2.1. Larvae Collection and Morphological Identification

This study was conducted between March 2019 and January 2020 in the city of Riyadh,
Saudi Arabia. Riyadh City is in the center of the Kingdom of Saudi Arabia. It extends
between latitude: 24◦38′ North and longitude:46◦43′ East. It has a very dry and arid climate;
summer temperatures rise very dramatically during the day but fall at night, ranging be-
tween 35 ◦C and 43 ◦C. In the winter, the temperature drops dramatically and may reach
0 ◦C. Riyadh City is located 600 m above sea level, with several valleys and rich sand dunes.
A total of 600 sheep and 800 goat heads from the Al-Aziziah Abattoir were analyzed for
O. ovis larvae. The sex and age (<1 year is young and >1 year old is adult) of slaughtered
animals were registered. At the investigation site, the nasal and frontal sinuses were longi-
tudinally divided into the dorsoventral planes using a sharp handsaw. Oestrus ovis present
in the mucous membrane of the nasal septa and nasal segments were collected with for-
ceps and preserved in 70% ethanol for molecular studies and morphometric identification.
Larvae were identified as the first, second, and third larval stages [18,19]. The percentage
of each larval instar was calculated according to the equation (Larval stage percent = num-
ber of each larval stage/Total number of larvae × 100). In each infested head, the larvae
were counted with the aid of identification keys [20]. The severity of the infestation was
calculated as the number of larvae/number of animals infested.

2.2. DNA Extraction and Polymerase Chain Reaction (PCR)

DNA from each individual larva (about 0.025 gm from anterior section of the larva)
was extracted using a DNeasy Blood & Tissue Kit (250) (Cat No./ID: 69506, Qiagen,
Hilden, Germany) following the manufacturers’ protocol. mtCOI gene was amplified
using the primer pairs described in Table 1 [21] and a thermal cycler (Veriti® 96-Well
Thermal Cycler, Model 9902, Biosystem). This procedure was performed in a mixture
(20 µL) consisting of master mix (5×, 4 µL), RNase-free water (12 µL), and DNA template
(2 µL). The PCR program consisted of a denaturation step of 94 ◦C for 2 min, followed by
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40 cycles of denaturation for 30 s at 94 ◦C. PCR products were analyzed by 1.5% agarose
gel electrophoresis.

Table 1. Set of primers used for the amplification of mitochondrial cytochrome c oxidase subunit I
(mtCOI) gene using extracted DNA of O. ovis larvae.

Gene Primers Sequences References

mtCOI
FFCOI 5′-GGAGCATTAATYGGRGAYG-3′

[21]
RHCO 5′-TAAACTTCAGGGTGACCAAAAATCA-3′

2.3. Nucleotide Sequences of the mtCOI Gene

A total of 40 sequences (Table S1), which were coded according to properties of their
host, were analyzed in this study. The sequences were processed using Geneious Prime
Build 2020-04-07 08:42 [22]. Prior to processing, all sequences were truncated using the error
probability method with a limit of 0.05 on both sides. Related sequences were retrieved from
GenBank after performing a BLAST [23] search. Multiple sequence alignments were then
generated using CLUSTAL Omega [24] implemented in Geneious software. A phylogenetic
tree was created using the neighbor-joining method [25] with the Tamura_Nei model and
using 10,000 replicates. All samples were deposited to GenBank, and accession numbers
have been provided.

2.4. Statistical Analysis

All data concerning the effect of different seasons were analyzed using one-way analy-
sis of variance (ANOVA), followed by Duncan’s test to compare means. Statistical analysis
was conducted using SPSS software program version 24, and all results were expressed as
means ± SEM. Differences were considered significant at p ≤ 0.05.

3. Results
3.1. Prevalence of Infestation over the Course of the Study in Sheep and Goats

This study, which was conducted on 600 sheep and 800 goats (Table 2), showed that
infestation rate with larvae was much higher in goats (44.5%; 356/800) than that in sheep
(22.3%; 134/600). This also applied to the total number of larvae, where the total number
of larvae in 356 head of goats was 486, while it was 151 in 134 head of sheep.

Table 2. Prevalence of Oestrus larvae in sheep and goats over the course of the study.

Species No. of Head
Examined Infestation Rate (%) Mean of

Infestation
No. of Larvae (%)

Total Larvae (%)
L1 L2 L3

Sheep 600 134 (22.3) 1.78 ± 0.02 a 0.0 (0.0) 2.0 (1.5) 149.0 (111.2) 151.0 (112.7)

Goat 800 356 (44.5) 1.56 ± 0.02 b 0.0 (0.0) 6.0 (1.7) 482.0 (135.4) 486 (136.5)

Mean values with different superscript in column differed significantly at p ≤ 0.05.

Results of statistical analysis concerning infestation rate showed that the ovine species
is significantly more susceptible to infection with larvae than caprine species: the infestation
mean in sheep was 1.78, and in goats was 1.56 at p ≤ 0.05, as a significant level.

The findings in Table 3 show that, in both species (goats and sheep), there was a
disparity in the percentage of infestation between males and females, where the rate
of infestation in males was higher than that in females (32.66% (98/300) and 65.50%
(262/400) in sheep and goats, respectively). Additionally, the incidence of infestation was
higher in female goats (32.50 percent; 94/400) than in female sheep (12.0 percent; 36/300).
The seasonal effect on the characteristics of larvae specifically infesting goats (Figure 1)
showed that there was a significant difference in the total number of larvae and L3 instar.
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The mean values of total larvae and L3 instar were significantly higher in the summer
(1.94 ± 0.12 and 1.91 ± 0.12, respectively) than in other seasons.

Table 3. Sex differences on the prevalence of Oestrus larvae in sheep and goats.

Species Sex No. of Examined Animals No. of Infested (%)

Sheep
Male 300 98 (32.66)

Female 300 36 (12)

Goat
Male 400 262 (65.5)

Female 400 94 (32.5)

Total 1400 490 (35.00)
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Figure 1. Effect of season on larval characteristics in infested goats. Mean values with different letters (a, b, c) are significantly
different at p ≤ 0.05 between seasons.

In addition, it was found that there was no significant difference between the means
of total number of larvae and L3 in the spring, winter, and autumn. Concerning the larvae
width and infestation, the trend was the same in the two characteristics. No significant
difference between the winter and autumn was observed, while the significant differ-
ences in width and infestation appeared between spring and summer. As for the larvae
length characteristic, it was found that only the winter and summer seasons varied signifi-
cantly, while there were no significant variations between the spring and autumn seasons.
The results of the impact of season on the studied characteristics differed only in goats.
It was found that seasons of the year did not have any significant effect on the characteris-
tics of the larvae that affect sheep, in general, except for the length of larva, in which those
collected in spring differed from those collected in winter and autumn (Figure 2).
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Figure 2. Effect of seasons on larval characteristics in infested sheep. Mean values with different letters (a and b) are
significantly different at p ≤ 0.05 between seasons.

3.2. Morphological Examination

The identification of mature O. ovis larvae was based on morphological character-
istic features of the larval stages. Second instar larvae (L2) were found only in young
male goats in spring and summer; the average length and width were 0.84 ± 0.08 cm
and 0.26 ± 0.05 cm, respectively, in spring, while the average length and width were
0.90 ± 0.10 cm and 0.30 ± 0.00 cm, respectively, in the summer. These L2 larvae are white
in color, and the dorsal side shows only a few weak denticles on the second segment
(Figure 3A). On the ventral side, the segments have rows of peculiarly shaped currycomb-
like spines (Figure 3B). Antennary lobes are less separated giving to pseudocephalon
triangular shape. The buccal funnel is well structured. The hooks of the first segment are
less robust and more curved (Figure 3C). Furthermore, the median part of the postanal
bulge is spinulose (Figure 3D). Ventrally the segments are provided with rows of peculiarly
shaped currycomb-like spines, the thoracic and abdominal segments on the ventral side,
show single-ended, caudally projected spines (Figure 3E). The posterior peritremes are more
or less circular (Figure 3F), with the channel indicated by a distinct suture (Figure 3G,H).

Third instar larvae (L3) are yellow in color when young (Figure 4A), changing to a
light brown later in the mature stage, and show broad transverse blackish bands on the
dorsal side (Figure 4B). The second segment on the dorsal side presents with a variable
number of small denticles; the following segments are bare but have a rough, leatherlike
skin pattern, which is distinct only on the darkened parts. On the ventral side, the segments
bear rows of strong spines (Figure 4C), which are irregularly placed on the third segment
but are fairly regular on the following ones. The number of rows varies from two to
five (Figure 4D). The postanal bulge shows fewer spines, while the preanal bulge is bare
(Figure 4E). The posterior peritremes are circular, with a central button and lacking a
distinct suture and the channel appears in the posterior peritremes (Figure 4F).
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Figure 3. Second instar larva (L2). (A) Dorsal view; (B) ventral view; (C) the front end containing
the cephaloskeleton ; (D) the median part of the postanal bulge is spinulose; (E) ventral view shows
spines on anterior segment ; (F) posterior spiracle; (G) stigmal plates and channel appear with clear
distinct suture; (H) posterior spiracle (10×).
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Figure 4. Third instar larva (L3). (A) Yellow color; (B) dorsal view shows broad transverse black-
ish bands; (C) ventral view shows spines on segments; (D) magnified view of the spines on the
ventral segments; (E) postanal bulge shows fewer spines; (F) posterior spiracle is in a D-shape with
central button but no distinct suture.
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3.3. PCR Amplification and Nucleotide Sequence Analysis of the Partial mtCOI Gene

PCR amplification was performed using a set of primers (FFCOI and RHCO) to amplify
a 600-bp fragment of the mtCOI gene from O. ovis larvae. A total of 23/40 sequences were
analyzed in this study (sequences with HQ% (percent high quality) score less than 40
were discarded). The pairwise identity of sheep sequences was 97.9%, and that of goat
sequences was 99.2%. Overall, the 23 sequences shared 98.1% pairwise identity and had
35.6% GC content. The results of BLAST search showed that all the sequences had high
similarity to the O. ovis “sheep botfly” in GenBank. Figure 5 shows the phylogenetic tree
indicating respective evolutionary relationships. MT787554 (Chrysomya bezziana) is used as
an out-group.
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4. Discussion

Out of the examined 600 sheep and 800 goat heads, 22.3% and 44.5%, respectively, were
infested with O. ovis larvae. These percentages were high compared with previous studies
in Saudi Arabia [26], which recorded 5.9% in Riyadh Region and 0.299% from adult O. ovis
spp. in Jeddah [27], but similar to the 53.5% (257/480) reported in the Jazan Region [1].
Our results were also similar to those reported in Greece (43.2%) [28], Turkey (22.52%) [29],
and Libya (42.33%) [30]. Our results were higher than those reported by other researchers
around the world, such as by [31] in Egypt (8.67%), but less than those in Spain (71.1%) [32]
and Italy (91.0%) [33]. These differences may be a result of differences in geographical area,
animal breed, and climate. The infestation rate was higher in male sheep and goats than
females (16.35% and 32.75%, respectively, compared to 6% and 11.75%; p ≤ 0.05). This was
consistent with a report investigating sex differences in infestation in Libya [30].

In the central region of Saudi Arabia, the spring months are the best time of the year,
with low temperature and humidity [26]. The disappearance of fly activity in most of
the year is probably due to the hot, dry, and windy weather. The 27 ◦C was optimum
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temperature for adults emerge from pupa, while constant temperatures below 16 ◦C and
above 32 ◦C were fatal [34].

Our results did not demonstrate any significant seasonal prevalence of infestation
in sheep, suggesting that time of the year does not have any significant effect. This is in
disagreement with a previous study [35], which mentioned that the peaks of infestation in
Turkey were in the summer and spring, while the lowest infestation rates were in autumn.
Another study in Egypt [36] concluded that heavier infestations were recorded in autumn
(17.91%), while the lowest seasonal peak was in winter (7.85%). In Iraq, the highest
recorded range was in the autumn, which was 76.92%, and the lowest range was in winter
(30.76%) [37]. The reason for these differences may be changes in environmental conditions.

The present study recorded that 0% were L1, 1.5% were L2, and 111.2% were L3 of
the total of 151 larvae collected from sheep, and 0% were L1, 1.7% were L2, and 135.4%
were L3 of the of total 468 larvae collected from goats. The L1 result was lower than that
recorded in previous studies [30,35] that reported that L1 larvae prevailed at 90.5% of
the overall weight, and another study [37] that reported 13.14% L1 larvae. Our results
were in agreement with one study [38] that reported a higher level of larvae in stage L3
(63.4%) than that in L2 (26.6%) and L1 (10%). It is possible that L1 larvae might have passed
unseen due to their small size, that they were present in hidden places such as turbinates
and ethmoid bones, or that numerous L1 were demolished in the nasal holes during the
hypo-biotic period [39]. The morphological characters of L2 and L3 were in accordance
with those stated in the identification key [20].

PCR analysis was performed using set of primers (FFCOI and RHCO) and successfully
amplified 606bp fragment of mtCOI gene from O.ovis larvae. The sequence of amplified
fragment showed genome arrangement typical of O. ovis sequence in Genbank. PCR
amplification of mtCOI gene from eighteen species of Oestridae causing myiasis resulted
in 686 bp [12]. Rooted phylogenetic trees elucidated phylogenetic relationships between
O.ovis larvae amplicons and other members of Family: Oestridae published in Genbank.

The results of BLAST search showed that all the sequences had high similarity to the
O. ovis “sheep botfly” identified in Brazil (accession number, KR820703) [40], with pairwise
identity between 94.8% and 99.5% and coverage more than 86%. The sequences are also
similar to the O. ovis sheep botfly identified in Turkey (accession number, MT124626) [41],
with pairwise identity between 94.2% and 98.70% and coverage greater than 86.18%.

5. Conclusions

In this study, the results indicated that the infestation rate was significantly higher in
sheep than goat, male than female, and spring season than other seasons of the year.

Supplementary Materials: The following are available online at https://www.mdpi.com/2076-261
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Simple Summary: The review was conducted to establish an overview of rodent helminths in
the Middle East as well as their public health importance. Following a systematic search, 65 field
research were identified, studied, and analyzed. The overall prevalence of cestodes, nematodes,
and trematodes were 24.88%, 32.71%, and 10.17%, respectively. The review detected 21 species of
cestodes, 56 nematodes, and 23 trematodes, from which 22 have zoonotic importance. Capillaria
hepatica, Hymenolepis diminuta, Hymenolepis nana, and Cysticercus fasciolaris were the most frequent
and widespread zoonotic helminths. The review identified that there is an information gap on rodent
helminths at the humans-animal interface level in this region. Therefore, the public health importance
of rodent-borne helminth parasites is not fully recognized. Countrywide detailed studies on rodent
helminths, along with the impact on public health, should be conducted in this region.

Abstract: Rodents can be a source of zoonotic helminths in the Middle East and also in other parts
of the world. The current systematic review aimed to provide baseline data on rodent helminths to
recognize the threats of helminth parasites on public health in the Middle East region. Following a
systematic search on PubMed, Scopus, and Web of Science, a total of 65 research studies on rodent
cestodes, nematodes, and trematodes, which were conducted in the countries of the Middle East,
were analyzed. The study identified 44 rodent species from which Mus musculus, Rattus norvegicus,
and Rattus rattus were most common (63%) and recognized as the primary rodent hosts for helminth
infestation in this region. Cestodes were the most frequently reported (n = 50), followed by nematodes
(49), and trematodes (14). The random effect meta-analysis showed that the pooled prevalence of
cestode (57.66%, 95% CI: 34.63–80.70, l2% = 85.6, p < 0.001) was higher in Saudi Arabia, followed
by nematode (56.24%, 95% CI: 11.40–101.1, l2% = 96.7, p < 0.001) in Turkey, and trematode (15.83%,
95% CI: 6.25–25.1, l2% = 98.5, p < 0.001) in Egypt. According to the overall prevalence estimates
of individual studies, nematodes were higher (32.71%, 95% CI: 24.89–40.54, l2% = 98.6, p < 0.001)
followed by cestodes (24.88%, 95% CI: 19.99–29.77, l2% = 94.9, p < 0.001) and trematodes (10.17%,
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95% CI: 6.7–13.65, l2% = 98.3, p < 0.001) in the rodents of the Middle East countries. The review
detected 22 species of helminths, which have zoonotic importance. The most frequent helminths were
Capillaria hepatica, Hymenolepis diminuta, Hymenolepis nana, and Cysticercus fasciolaris. There was no
report of rodent-helminths from Bahrain, Jordan, Lebanon, Oman, United Arab Emirates, and Yemen.
Furthermore, there is an information gap on rodent helminths at the humans-animal interface level
in Middle East countries. Through the One Health approach and countrywide detailed studies on
rodent-related helminths along with their impact on public health, the rodent control program should
be conducted in this region.

Keywords: rodent; helminth; cestode; trematode; nematode; Middle East; meta-analysis

1. Introduction

Helminths are among the most diverse and geographically widespread groups of parasites that
infect both humans and animals [1]. Although they are from different phyla or class (nematode,
cestode, and trematode), the mode of transmission, infection, and pathogenesis, as well as host
immune-responsiveness of these pathogens, follows a typical pattern. Approximately one-third of
the world population is infected with one or more types of helminths. From amongst 300,000 species
of helminths that typically infect vertebrates, 287 of them infect humans, from which 95% are either
zoonoses or have evolved from animal parasites [2]. About 100 of the zoonotic helminths cause
asymptomatic infection or mild symptoms in humans, while only a small percentage of them cause
severe or even fatal infections [1]. In resource-poor countries, livestock is a source of food, production,
income source, and deposit of wealth. Parasite infections in animals indirectly affect human health
through financial hardship and malnutrition. Based on the burden of death, sickness, and treatment
cost for both humans and animals for helminth infestation, the zoonotic parasites’ socioeconomic
burden was presented as high or low socioeconomic impact [3].

Rodents are significant sources of parasitic zoonosis in humans, serving as reservoirs and
vectors of at least 70 zoonotic diseases, of which 16 are helminth parasites [4]. Consumption of
uncooked/improperly cooked food contaminated with the infective larvae, eggs, or metacercariae is
the primary source of humans infestation with helminth parasites [5,6]. When pilfering humans food,
rodents pass stool or urine that contaminates said food, leading to transmission of zoonotic helminths
from rodents to humans [7].

The Middle East is an intercontinental region with a total population of over 411 million [8] in
17 sovereign countries, including Bahrain, Cyprus, Egypt, Iran, Iraq, Israel, Jordan, Kuwait, Lebanon,
Oman, Palestine, Qatar, Kingdom of Saudi Arabia (KSA), Syria, Turkey, United Arab Emirates (UAE),
and Yemen. The majority of people in this region live in poverty [9], with the highest percentage
being specific to Yemen, Syria, Egypt, Palestine, and Iraq [10,11]. Cultural diversity, weak economic
policy, poor governance, rapid population growth, low educational structure, gender discrimination,
underdeveloped infrastructure, and war and conflict have turned the region into a hot spot for many
emerging and re-emerging diseases, including rodent-borne parasitic infections [9,12,13]. In the past,
rodent-borne infections have led to multiple instances of a fatal epidemic, in part due to a lack of
relevant information available on the subject, which makes it difficult to maintain public health
sustainability [14,15].

Helminth infestations are mostly neglected diseases [16]. Therefore, the complete picture of
zoonotic helminths is not well known in the Middle East area. Despite several studies being done on
helminths in this region, no systematic review or meta-analysis was performed on rodent helminths,
including zoonotic importance in the Middle East region. Our objective is to summarize baseline
information on rodent helminths in this region using evidence-based records of the helminths detected
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in rodents in the Middle Eastern countries. The review also identifies the rodent helminths with public
health importance in this region.

2. Materials and Methods

We followed PRISMA (Preferred Reporting Items for Systematic Reviews and Meta-Analysis)
guidelines [17] to conduct the systematic review using a four-step approach: database search, evaluating
relevant articles, data extraction, and summarizing. One author conducted the data search. Two authors
were involved in critical evaluation and data extraction from the selected articles, while one author
managed the compilation of said data. Afterward, two authors arranged the data and conducted the
meta-analysis (Figure 1, Supplementary Table S1).

Figure 1. Systematic review PRISMA flow diagram describing the selection of published articles on
rodent helminths in the Middle East and inclusion/exclusion process used in the study.

2.1. Search Strategy

A literature search on rodent helminth parasites in the Middle East was performed on 17 June 2019
through PubMed, Web of Science, and Scopus (Figure 1). The search included all the original research
articles containing field evidence of helminth parasites (trematode, nematode, cestode) among rodents
in the Middle East countries. The search did not have any date range of publication. The keywords
included (Rodent OR Rat OR Jird OR Gerbil OR Vole OR Mouse OR Hamster OR Porcupine OR
Squirrel OR Jerboa) AND (Endoparasite OR Helminth OR Cestode OR Trematode OR Nematode) AND
(17 Middle East country names individually). Screening on the search was conducted as [Title/Abstract]
in PubMed, [TITLE-ABS-KEY] in Scopus, and [Topic] in Web of Science.

2.2. Search of Relevant Articles

The data search results were processed using EndNote X9 (clarivate analytics, Philadelphia, PA,
USA), which was also used to identify and exclude duplicate studies. Then we proceeded to peruse
through the titles and abstracts to find the relevant articles. However, articles that were ambiguous
regarding their relevance by their title and abstract were subjected to full-text analysis. Only documents
published in English were considered for the review [18–82].

2.3. Data Extraction and Summarizing

Evidence-based field reports give a clear picture of any pathogen’s availability, diversity,
and dynamics in a locality [83,84]. We considered only the field reports containing rodent helminths
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for data abstraction. The extracted data included several variables such as country and location of
sampling, season, year of sampling, rodent information (rodent species, sex, total rodent count, and the
number of infected), helminth species and type, and possible associating factors of rodent infestation
with helminth (Supplementary Table S2). The zoonotic rodent-borne helminths in this region were
identified from the list of rodent helminths from this review with the support of published articles.

2.4. Data Analysis

The aggregated data was transcribed and stored in a Microsoft Excel spreadsheet, and then the
data was forwarded to STATA/IC-13.0 (Stata Corp, 4905 Lakeway Drive, College Station, TX 77845,
USA) for statistical analysis. Crude prevalence estimation was performed by dividing the total number
of helminth-positive rodents with the total number of rodents sampled and expressed as a percentage.
The crude estimate of prevalence was used throughout, the 95% confidence interval (CI), and the p-value
were calculated on different types of helminths among the countries. Study variations among the
studies were evaluated using the Chi-square (χ2) test on Cochran’s Q statistics (with p-value) followed
by I2 statistics to determine the study’s degree of heterogeneity. Standard Error (SE) was calculated
using a standard formula for proportion calculation. A random-effect meta-analysis model was applied
using the “mean” command specifying random due to the study’s high degree of heterogeneity
(I2 > 75%). The output has been illustrated using a forest plot [85].

3. Results

3.1. Descriptive Analysis

The literature search returned 65 articles (Figure 1, Supplementary Table S2) published from 1969
to 2019. These articles were from 11 out of 17 Middle East countries, such as Cyprus, Egypt, Iran,
Iraq, Israel, Kuwait, Palestine, Qatar, Saudi Arabia, Syria, and Turkey (Figure 2). No report on rodent
helminths was available from Bahrain, Jordan, Lebanon, Oman, United Arab Emirates, and Yemen.
Cestodes were the most frequently reported (50 articles) helminths in the Middle Eastern rodents,
followed by nematodes (49), and trematodes (14).

Figure 2. The map depicted the Middle East countries with the total number of studies and the number
of helminths detected in rodents.
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All 65 studies reported at least 9628 rodents (47% females and 53% males). A total of 44 rodent
species from 6 families were listed (Supplementary Table S3). The analysis identified Acomys dimidiatus,
Jaculus jaculus, Meriones crassus, Mus musculus, and Rattus norvegicus, Rattus ratus were widely distributed
as these rodents were reported from where Mus musculus (n = 1251, 12.6%), Rattus norvegicus (n = 3325,
33.6%), and Rattus rattus (n = 1694, 17.1%) as the most common. Besides, three sub-species of Rattus
rattus, such as Rattus rattus alexandrines, Rattus rattus frugivorous, and Rattus rattus rattus, are prevalent
in the Middle East. Moreover, the review found some other rodents, which are important as zoonotic
helminth carrier. These include Acomys cahirinus, Acomys dimidiatus, Apodemus sylvaticus, Apodemus
witherby, Arvicanthus niloticus, Calomyscus elburzensis, Cricetulus migratorius, Gerbillus cheesmani, Gerbillus
gerbillus, Meriones libycus, Meriones persicus, Mesocricetus auratus, Microtus socialis, Microtus transcaspicus,
Mus domesticus, Rhombomys opimus, and Tatera indica. A total of 100 species of rodent helminths were
identified. Based on the available data, the estimated pooled prevalence of the different types of
parasites in rodents has been presented in Table 1. The random effect meta-analysis showed that the
pooled prevalence of cestode ranged from 12.87% (95% CI: 5.17–20.57, l2% = 80.6, p < 0.001) in Turkey
to 57.66% (95% CI: 34.63–80.70, l2% = 85.6, p < 0.001) in Saudi Arabia. The nematode prevalence was
varying from 0.16% (95% CI: −0.15–0.47, l2% = 0.0) in Cyprus to 56.24% (95% CI: 11.40–101.1, l2% = 96.7,
p < 0.001) in Turkey. Moreover, the prevalence of trematode ranged from 0.24% (95% CI: −0.11–0.59
l2% = 0.0, p < 0.001) in Iran to 15.83% (95% CI: 6.25–25.1, l2% = 98.5, p < 0.001) in Egypt.

Table 1. Estimated pooled prevalence of the rodent helminths in the Middle East countries.

Country Parasite Pooled
Estimates (%) 95% CI Heterogeneity

Chi-Squared (χ2) l2% p-Value

Cyprus
Nematode 0.160 −0.15–0.47 0.00 0 -

Cestode 14.72 11.94–17.50 0.00 0 -

Egypt

Nematode 31.81 19.83–43.78 259.62 97.3 <0.001

Cestode 27.49 23.72–31.26 17.18 70.9 <0.001

Trematode 15.827 6.56–25.1 344.74 98.5 <0.001

Iran

Cestode 18.21 11.59–24.83 56.08 87.5 <0.001

Nematode 33.93 16.52–51.35 154.53 96.8 <0.001

Trematode 0.24 −0.11–0.59 0.19 0 <0.001

Palestine
Nematode 24.39 11.25–37.54 0.00 0 -

Cestode 36.59 21.84–51.32 0.00 0 -

Qatar Cestode 26.64 8.89–44.39 13.94 92.8 <0.001

Saudi Arabia
Cestode 57.66 34.63–80.70 6.74 85.6 <0.001

Trematode 14.685 8.88–20.49 0.00 0 -

Turkey
Nematode 56.24 11.40–101.1 30.10 96.7 <0.001

Cestode 12.87 5.17–20.57 10.34 80.6 <0.001

CI: confidence interval; I2: inverse variance index; χ2: Cochran’s Q chi-square.

3.2. Rodent Cestodes in the Middle East Countries

Rodent cestodes information was available from all 11 Middle Eastern countries (Supplementary
Table S3). A total of 21 rodent cestode species that belongs to 8 families have been reported in this
review. Most of the cestodes were from Egypt and Iran (12 cestode species from each county). Out of
44 rodent species, Mus musculus, Rattus norvegicus, and Rattus rattus were frequently identified with the
cestode infestation. Three species of cestodes have been frequently reported, viz: Hymenolepis diminuta
(20 reports from 5 countries), Hymenolepis nana (30, 9), and Cysticercus fasciolaris (23, 4). Figure 3 shows
the prevalence estimates from individual studies on cestodes in rodents of the Middle East countries,
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which ranged from 7.69 (95% CI: 2.22–13.17) to 68.57 (95% CI: 59.69–77.45) with an overall estimated
prevalence 24.88 (95% CI: 19.99–29.77, l2% = 94.9, p < 0.001).

Figure 3. Forest plot of the prevalence estimates of cestode in rodents among the Middle East countries
(the center dot representing point estimates whereas Gray Square representing the weight of each study
to the meta-analysis).

3.3. Rodent Nematodes in the Middle East Countries

Rodent nematodes were studied in 8 countries in the Middle East, namely Cyprus, Egypt, Iran,
Iraq, Israel, Kuwait, Palestine, and Turkey (Supplementary Table S3). Nematodes from 23 families
represented the 56 nematode species in this region. Most of the rodent nematodes were reported from
Egypt (n = 24) and Iran (n = 31) and the rodent species such as Mus musculus, Rattus norvegicus, Rattus
rattus, Meriones persicus, Acomys dimidiatus, and Tatera indica. However, the nematodes, Aspiculuris
tetraptera, Capillaria hepatica, Syphacia obvelata, Streptopharagus kuntzi, and Trichuris muris were most
frequently reported and widely distributed. These nematodes were reported from three or more
countries in the Middle East. Figure 4 shows the prevalence estimates from individual studies on
nematodes in rodents of the Middle East countries, which ranged from 0.16 (95% CI: −0.15–0.47) to
79.41 (95% CI: 65.82–93.0) with an overall estimated prevalence of 32.71 (95% CI: 24.89–40.54, l2% = 98.6,
p < 0.001).
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Figure 4. Forest plot of the prevalence estimates of nematode in rodents among the Middle East
countries (the center dot representing point estimates whereas Gray Square representing the weight of
each study to the meta-analysis).

3.4. Rodent Trematodes in the Middle East Countries

The reviewed studies reported rodent trematodes in Egypt, Iran, Israel, and Saudi Arabia
(Supplementary Table S3). At least 23 trematode species from 11 families of trematodes were reported
in the Middle Eastern rodents. Reports from Egypt (n = 21) were more descriptive of these trematodes.
Moreover, Fasciola sp. was detected in Saudi Arabia, Scaphiostomum sp. in Israel, and Notocotylus neyrai
and Plagiorchis muris were identified in Iran. The review found Arvicanthus niloticus, Rattus norvegicus,
and Rattus rattus are three rodent species important for trematode infestation. Figure 5 shows the
prevalence estimates from individual studies on trematode in rodents of the Middle East countries,
which ranged from 0.20 (95% CI: −0.19–0.59) to 36.90 (95% CI: 26.59–47.22) with an overall estimated
prevalence of 10.17 (95% CI: 6.7–13.65, l2% = 98.3, p < 0.001).
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Figure 5. Forest plot of the prevalence estimates of trematode in rodents among the Middle East
countries (the center dot representing point estimates, whereas Gray Square representing the weight of
each study to the meta-analysis).

3.5. Zoonotic Importance of the Rodent Helminths in the Middle East Countries

Out of the 100 species of rodent helminths detected in this review, 22 species have zoonotic
importance; 7 cestodes, 6 nematodes, and 9 trematodes. The zoonotic helminths, their hosts, and possible
human infection sources have been illustrated in Table 2.

Table 2. Rodent-borne zoonotic helminths in the Middle East countries.

Parasites Host Source of Human Infection Reference

Rodent-borne zoonotic cestodes:

Raillieitina celebensis and
R. demerariensis. DH: rodent; IH: ant and beetle

Ingestion of food
contaminated with

infected insects
[5,6]

Hymenolepis diminuta and
H. nana

DH: rodent; IH: H. diminuta:
flea and beetle. H. nana does

not require IH.

Consumption contaminated
food with rodent feces

containing parasitic egg
[6,86,87]

Mesocestoides sp.
DH: dog and cat; 1st IH: ant

and mite, 2nd IH: rodent,
bird, amphibian, and reptile

Consumption of undercooked
meat of amphibians and

reptiles containing infective
larva (tetrathyridium)

[5,6]

Taenia taeniaeformis DH: cat; IH: rodent There is a report that Taenia
taeniaformis can infect humans [88]

Echinococcus multilocularis DH: dog, fox; IH: rat Ingestion of
embryonated eggs [86]
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Table 2. Cont.

Parasites Host Source of Human Infection Reference

Rodent-borne zoonotic nematodes:

Angiostrongylus cantonensis
DH: rat and mollusk;
IH: snail, prawn, crab,

and frog

Ingestion of uncooked IH or
vegetables contaminated with

infected larvae
[6]

Gongylonema pulchrum

DH: ruminant, pig, wild boar,
non-human primate,

carnivore, and rodent;
IH: beetles and cockroaches

Ingestion of IH or drinking of
water contaminated with

infective larvae
[5,6]

Trichinella spp. Pig, wild boar, and rodent Ingestion of uncooked muscle
with encysted larvae [6]

Trichostrongylus spp. Herbivorous animal

Consumption of food and
water contaminated with
animal feces containing

infective larvae

[6]

Capillaria hepatica Rat, carnivore, and humans
Consumption of food

contaminated with feces
containing embryonated eggs

[5]

Trichuris trichiura Humans
Consumption of food

contaminated with feces
containing Trichuris egg.

[5]

Rodent-borne zoonotic trematodes:

Echinochasmus sp.,
Echinoparyphium recurvatum,

and Echoinostoma sp.

DH: humans, rat, duck
1st IH: snail, 2nd IH: snail,
amphibian, bivalve, fish

Ingestion of uncooked fish
containing metacercariae [2,89]

Fasciola hepatica DH: herbivore; IH: snail Ingestion of metacercariae
contaminated vegetable [6,34]

Haplorchis pumilio,
Pygidiopsis genata, Stictodora

tridactyla, Prosthodendrium spp.,
and Plagiorchis muris

DH: dog, cat, rat, duck,
humans; 1st IH: snail,

2nd IH: fish

Eating uncooked fish
harboring viable

metacercariae
[88,90]

Schistosoma mansoni DH: Vertebrate animal;
IH: snail Penetrate the DH skin [6,86]

Note: DH: Definite host, IH: Intermediate host.

4. Discussion

This study reviewed the literature published in English on helminths-infested rodents in the
Middle East region. The majority of the studies (47 of 65) were from Iran and Egypt, most likely
due to their long history of rodent-borne zoonotic disease (like murine typhus, plague, tularemia)
epidemics, which resulted in millions of death [4,91–94]. Thus, this topic became a central focus of
public health research in these countries. The present review found three commensal rodent species:
Mus musculus, Rattus norvegicus, and Rattus rattus to be more common and carrying most of the
zoonotic helminths within this region. Previous literature described that these species occupy different
habitats with higher population density than the other species and pose considerable risk to public
health [4]. Although rodent cestodes were most frequently reported (n = 50) helminth in this review,
the meta-analysis detected the overall rodent nematode prevalence was highest (32.7%) compared to
cestodes (24.88%) and trematodes (10.17%) prevalence. Out of the 22 zoonotic helminths detected in
this review, Capillaria hepatica, H. diminuta, H. nana, and C. fasciolaris have been found as widespread
distribution. Furthermore, some non-zoonotic helminths such as Aspiculuris tetraptera, Syphacia obvelata,
Streptopharagus kuntzi, and Trichuris muris were reported from three or more countries in this region.

Rodents have several beneficiary activities in ecology, such as soil aeration and water absorption
ability, biotic recovery, and insect control [4,95]. In this regard, the presence of healthy rodents is essential
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for ecology [96]. Helminths infestation in rodents affects their own health and can subsequently alter
the rodent-environment ecology to a considerable degree. Moreover, rodent helminths are important
for humans, livestock, and pet animal health. Hymenolepiais is a major zoonotic rodent cestode [6].
Fascioliasis is hazardous for livestock health as well as for humans [6,97]. The definite host of Taenia
taeniaeformis is the cat, where a stage of this cestode lifecycle (the cystic form, Cysticercus fasciolaris) is
completed in rodents. An increase of Cysticercus fasciolaris in rodents can increase the health risk of
cats [98]. Thus, rodent helminths have an impact on the ecology as well as humans and animal health.

Rodent-borne zoonotic helminths incur significant socioeconomic losses, although the zoonotic
helminths’ socioeconomic burden can differ from species to species [3]. Hymenolepis diminuta and
Hymenolepis nana are major zoonotic cestodes [3,99]. Trichostrongylus sp. and Trichuris trichiura
are generally considered as major nematode threats [100]. The socioeconomic burden caused by
Angiostrongylus cantonensis, Gongylonema pulchrum, Trichinella sp., and Capillaria hepatica are likely to be
very low [3].

There is an information gap on rodent-borne zoonotic helminths in the Middle East countries.
Some zoonotic cases of helminths infestation were reported in rodents by some countries in the Middle
East, but none involved humans who might have been infected with the same helminths. Humans
hymenolepiasis were reported in Bahrain [101], Cyprus [102], Jordan [103], Oman [104], Palestine [105],
Qatar [106], and Yemen [107]. The Hymenolepis nana is a common zoonotic helminth transmitted from
rodents to humans and the prevalence ranged from 0.15% to 12.2% in some Middle East countries with
prevalence of specific countries such as Jordan (1.8%) [103], Oman (5.9%) [104], Palestine (1.0%) [105],
Qatar (0.15%) [106], and Yemen (12.2%) [107]. Egg of Hymenolepis diminuta was detected from soil
samples of school playgrounds of Jordan [108]. There is no report of rodent hymenolepiasis within
these countries. Echinococcus spp. is a major helminth for human health, which was detected in rodents
of Egypt, Iran, and Turkey. Human cases of alveolar hydatid cysts were reported from Iran, Kuwait,
Saudi Arabia, and Turkey [109,110].

The rodent lungworm, Angiostrongylus cantonensis, causes eosinophilic meningomyelitis in humans,
reported in Israel [111]. Gongylonema infection is reported in humans [112] and dromedaries [113]
from Iran. Trichinella was a widespread parasite infecting humans and other mammals, although the
former makes for a poor host for said organism [6]. There are reports of humans trichinellosis from
Iran [114], Israel [115], Lebanon [116], and Turkey [117]. Human cases of trichostrongyliasis infestation
were reported in Egypt [118], Iran [119], Israel [120], and Turkey [121]. Eggs of Trichostrongylus sp.
were detected from soil samples of public places of Jordan [108] and Iraq [122]. Humans reports of
Trichuris trichiura are available from Bahrain [123], Egypt [118], Israel [120], Jordan [103], Oman [104],
Palestine [105], Qatar [124], Saudi Arabia [125], Turkey [126], and Yemen [107]. Trichuris muris,
the rodent whipworm, does not have any zoonotic importance. Eggs of Trichuris were found in the soil
of the public place of Iraq [122]. Trichuris trichiura is not a rodent specific nematode. The report of
Trichuris trichiura in Iranian rodents [67] may be a case of accidental infestation.

Schistosoma and Fasciola are two major humans trematodes globally [3]. The high prevalence of
Fasciola was recorded in Egypt, Iran, and Yemen [127]. Human cases of schistosomiasis were noted in
Egypt [3], Iran [128], Israel [129], Jordan [103], Saudi Arabia [130], Turkey [131], and Yemen [3,132],
whereas Heterophyes heterophyes were reported from Egypt and Saudi Arabia [133,134]. There are
non-humans (fish, dogs, and cats) reports of Pygidiopsis genata, Haplorchis pumilio, Haplorchis yokogawai,
and Heterophyes heterophyes from Egypt, Iran, Iraq, Israel, Palestine, Kuwait, Saudi Arabia, Turkey, UAE,
and Yemen [135–138]. However, these rodent trematodes in the current review were mostly reported
from Egypt and Iran.

Based on the meta-analysis, the overall prevalence of rodent trematodes was less than that of
nematodes and cestodes in the Middle East, which had received more emphasis in other similar
reports [110,127]. Efficient management of water resources are important factor for prevalence
of trematode prevalence [139,140]. The presence of deserts means shortage of surface water in
some of the countries of Arabian Peninsula such as Bahrain, Kuwait, Oman, Qatar, Saudi Arabia,
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and United Arab Emirates [141], which may be the cause of shortage of aquatic intermediate hosts
of trematodes in these countries. Therefore, rodent trematodes are less reported in these countries.
More research should be conducted to find rodent-borne trematodes in the countries of this region.

The reviewed articles in the current study described some of the factors that can influence the
population of rodent-borne helminths within the Middle East, necessitating a need to develop a plan
of action to control rodent helminths. The abundance of rodent-borne helminths depends on the host
organism’s prevalence and its distribution [29,44]. An increase in the rodent population may increase
the risk of humans getting infected by rodent parasites [142]. Rodents who inhabit animal farms have
easy access to animal feed, and thus, they can be considered a potential vector and reservoir of animal
and zoonotic diseases where animals serve as hosts [26]. Hymenolepis diminuta in the rodent are linked
with some insects as intermediate hosts, such as Xenopsylla astia, which has a clear seasonal pattern.
In Qatar, a research found that rodents are more infested with Hymenolepis diminuta in summer due
to the X. astia abundance [24]. Several studies reported that the prevalence of rodent helminths is
increased with rodent age [23,24,35,51]. Rodent helminths infestation can change with rodent host
species [48]. The nematode, Syphacia obvelata, was reported to be most abundant in Mus musculus [64].

Rodent population control is a primary way to control rodent zoonotic diseases [143,144]. The other
contributing factors, such as rodent species, seasons of the year, intermediate host, rodent control
management in the residential areas, and animal farms, should also be considered on rodent related
zoonoses control. As most of the rodent-related zoonotic helminths are linked to herbivores and
carnivores [5,6,86,88], it is vital to manage dogs, cats, and livestock animals to avoid the spread of
helminth infestation. Thus, One Health practice comes as a practical approach to control rodent-borne
helminth prevalence [145]. “One Health is a collaborative, multisectoral, and transdisciplinary
approach - working at the local, regional, national, and global levels—with the goal of achieving
optimal health outcomes recognizing the interconnection between people, animals, plants, and their
shared environment” [146]. One Health practice by linking veterinary, medical, ecology, entomology,
parasitology, zoology fields, and local people are essential for rodent helminths prevention and control.

5. Conclusions

Rodent helminths in the Middle Eastern countries have been documented, which also highlighted
rodent-borne zoonotic helminths. Rattus norvegicus, Rattus rattus, and Mus musculus were the most
frequently reported rodents and infected with helminth parasites. Out of the 22 rodent-related zoonotic
helminths, Capillaria hepatica, H. diminuta, H. nana, and C. fasciolaris were most frequent in this region.
The current study illustrates that there is an information gap on the availability, diversity, and dynamics
of rodent helminths and their interaction between humans and animals in the Middle East. Thus,
the public health importance of rodent-borne helminth parasites is not fully recognized. However,
rodent control should be the primary concentration by a One Health approach to control the spread of
these helminths at the humans-animal-environmental interface in the countries of this region. We also
suggest countrywide and detailed studies be conducted on rodent-borne helminths along with their
impact on public health in this region.
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Simple Summary: In the present work, we explored the existence of Sarcocystis spp. in samples of
camels obtained from abattoirs in Riyadh, Saudi Arabia. We examined tissues of the tongue, heart,
esophagus, diaphragm, and skeletal muscle by macroscopic assessments, optical microscopy of tissues,
optical microscopy of digested sediment, Transmission Electron Microscopy (TEM), and Polymerase
chain reaction (PCR) followed by gene sequencing. The results identified Sarcocystis cameli (S. cameli)
and S. camelicanis. Sarcocystis spp. were detected in Saudi Arabian camels by molecular analysis.
S. levinei and S. miescheriana were most closely related.

Abstract: Sarcocystis (S.) spp. are intracellular protozoan parasites that infect birds and animals,
resulting in substantial commercial losses. Sarcocystis spp. have an indirect life cycle; canines and
felines are known to act as final hosts, and numerous domestic and wild animals act as intermediate
hosts. The presence of sarcocysts in camel meat may diminish its commercial quality. There is
limited knowledge regarding the taxonomy and diagnosis of Sarcocystis spp. that infect camels
in Saudi Arabia. In this study, transmission electron microscopy (TEM) revealed S. cameli and
S. camelicanis (camelicanis) in Camelus (C.) dromedarius. This is the first report of S. camelicanis in Saudi
Arabia and is considered a significant finding. Based on cytochrome c oxidase subunit I gene (COX1)
sequences, two samples of Sarcocystis spp. isolated from C. dromedarius in Riyadh and Dammam
were grouped with S. levinei hosted by Bubalus bubalis in India, S. rangi hosted by Rangifer tarandus in
Norway, S. miescheriana hosted by Sus scrofa in Italy and S. fayeri hosted by Equus caballus in Canada.
The sequences obtained in this study have been deposited in GenBank.

Keywords: Sarcocystis spp.; COX1; Camelus dromedarius

1. Introduction

Sarcocystis (S.) is a genus of intracellular coccidian parasites that was first identified in 1843 [1].
More than 200 species have been identified and were demonstrated to infect a wide range of domestic
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and wild animals, resulting in significant losses in farm animals worldwide [2,3]. Sarcocystis spp.
accomplish their life cycles in two hosts, a final and an intermediate host, and are known to have a
high level of host specificity with regard to their intermediate hosts as opposed to their final hosts [4].
The asexual stages of Sarcocystis development occur in intermediate hosts (herbivorous animals,
such as sheep, cattle and camels, and primates, such as humans, poikilothermic animals and birds),
where sarcocysts generally become visible in skeletal muscles and in the striated muscles of the heart,
diaphragm and esophagus [5,6] but are rarely found in the smooth muscle of the intestine and the
central nervous system [4–7]. The final hosts (e.g., canids, felids, marsupials and primates) become
infected by eating intermediate host tissue infected with mature sarcocysts. Next, a stage of sexual
reproduction occurs in the final host, after which oocysts/sporocysts are expelled into the environment
through feces to be eaten by appropriate intermediate hosts.

The one-humped camel Camelus dromedarius is broadly distributed in the hot, arid regions of the
Middle East, South Asia, Africa, the Canary Islands, and Central Australia. Compared to beef, lamb,
and ostrich meat, camel meat is favored in several countries due to its reduced fat and cholesterol
contents [8,9]. However, the presence of sarcocysts in camel meat may decrease its value for human
utilization because camels act as intermediate hosts for at least two Sarcocystis spp.; furthermore, such
infection is a general phenomenon in the one-humped camel due to its worldwide distribution [10–12].
The presence of sarcocysts in the musculature decreases the economic value of the musculature,
especially if macroscopic cysts are detected, as their presence leads to condemning the product for
consumption [13,14]. Microscopic cysts, on the other hand, may cause serious pathological conditions
in infected animals, especially in the case of acute forms, and result in heavy production losses [15–17].

Infected camels generally exhibit subclinical infections, although Sarcocystis spp. can produce
extensive pathology or death in these animals [12,18].

The diagnosis of acute sarcocystosis in camels is an onerous task because of the absence of
an industrial standard indicator test, asymptomatic features of the infection, and the presence of
microscopic sarcocysts. Muscle squash, pepsin digestion, trypsin digestion and histopathological
examination have been used for the analysis of microscopic sarcocysts in camels [11,12,18,19].
Ultrastructural analysis of the cyst wall is quite useful in the identification of sarcocysts in camels.
Transmission electron microscopy (TEM) has demonstrated that S. cameli has a primary cyst wall that
appears as a thin wall with finger-like villar protrusions and rows of knob-like projections. S. ippeni was
defined in Egypt [20], wherein the authors of that study observed cyst walls harboring cone-like villar
protrusions. S. camelicanis was also defined in Egypt [19], wherein the authors found that the primary
cyst wall appeared as a thick layer and had finger-like protrusions with a blunt apex. Furthermore,
another study defined S. miescheri in Egypt [10], in which the primary cyst wall appeared as a thick
electron-dense layer with spine-like protrusions.

Although molecular analysis might be an alternative technique for the identification of Sarcocystis
spp., there is a limitation of such data for camels. The first molecular identification of S. cameli
sarcocysts was performed in camels in Iran, wherein the 18S rRNA gene fragment was amplified
from bradyzoite DNA using conventional polymerase chain reaction (PCR), followed by sequencing
(GenBank: GU074011.1) and restriction fragment length polymorphism (RFLP) analysis [21,22].
However, the RFLP technique was found to be more expensive than DNA sequencing or electron
microscopy techniques. In another study, the 18S rRNA gene was amplified from microscopic
sarcocysts in camels, although no phylogenetic analysis was reported [12]. Therefore, in the present
study, a molecular marker, cytochrome oxidase subunit I (COX1), was used to identify different
Sarcocystis spp. infecting camels from Riyadh and Dammam, Saudi Arabia.

2. Materials and Methods

2.1. Sample Collection

Between February and October 2018, veterinarians collected samples of tissues (diaphragm, skeletal
muscle, cardiac muscle, tongue, and esophagus) during postmortem investigations of slaughtered
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animals in the West Abattoir and Dammam Slaughterhouses in Riyadh and Dammam, Saudi Arabia,
respectively. Tissue samples were collected from 37 (27 in Riyadh and 10 in Dammam) male camels
aged >5 years and transported to the laboratory in boxes containing ice packs. This study (IRB number:
KSU-SE-18-33) secured the approval of the Institutional Committee of Postgraduate Studies and
Research at King Saud University (Saudi Arabia).

2.2. Macroscopic Examination

On the same day as the tissues were collected, a macroscopic analysis was performed. In this
process, a scalpel was used to make as many as five transverse incisions on organs, such as the heart
and the tongue, for the purpose of revealing the cysts (macroscopic). A macroscopic analysis of the
entire esophagus was also performed to examine the external and internal walls; the lumen was
exposed after longitudinal sectioning [23].

2.3. Microscopic Examination

Microscopic evaluation of cysts was performed using the squashing method [24]. Distinct
fragments of each tissue with a thickness of approximately 5 mm were squashed robustly from
both slides, after which an optical microscope was used to analyze the specimen. For all tissues,
the procedure was performed in triplicate. Sarcocystis spp. were also examined by light microscopy
and DNA analyses.

2.4. Digestion Method

For all tissues, approximately 20 g were minced before digestion for a period of 30 min in 100 mL
at a temperature of 40 ◦C; the digestion solution comprised pepsin (1.3 g), HCl (3.5 mL) and NaCl
(2.5 g) in distilled water (500 mL) [25]. After digestion, the mixture was centrifuged at 3500× g for
3 min, followed by Giemsa staining and optical microscopy evaluation [26].

2.5. Histopathological Examination

Small specimens of muscles and organs were collected, fixed in 10% neutral buffered formalin,
serially dehydrated in increasing concentrations of ethanol (30%, 70% and 95% absolute) and embedded
in paraffin. Three 5-µm-thick sections of each of the abovementioned organs and muscles were prepared,
stained with hematoxylin and eosin and examined under an ECLIPSE NI-4 (Nikon, Tokyo, Japan) [27].

2.6. Transmission Electron Microscopy (TEM)

Six Sarcocystis spp. cysts embedded in the tissues were collected from organs, fixed in 0.1 M
sodium cacodylate buffer (pH 7.4) supplemented with 3% glutaraldehyde solution for 4 h at 4 ◦C and
stored at 4 ◦C until processing. After fixation, the samples were washed in 0.1 M sodium cacodylate
buffer, fixed with 2% osmium tetroxide for 24 h and rewashed four to five times in the buffer (10–15 min
each) [19]. The samples were serially dehydrated in increasing concentrations of acetone (30%, 40%,
50%, 70%, 90% and 100%) and blocked with buffer supplemented with 1% phosphotungstic acid
and 1% uranyl acetate. Next, the 100% acetone solution was replaced with Polybed resin, followed
by paraffin embedding and polymerization in an oven at 60 ◦C [28]. Moderately thin sections were
prepared to observe Sarcocystis spp. cysts under a microscope (CX31, Olympus Corporation, Tokyo,
Japan). Ultrathin sections were stained with uranyl acetate and lead citrate and examined using a
JEM-1400 transmission electron microscope (JEOL, Tokyo, Japan) at 80 kV.

2.7. Molecular Analysis

2.7.1. DNA Extraction and PCR Amplification

From all the microscopic Sarcocystis isolates, six isolates were selected and washed five times in
distilled water (sterile). gDNA from tissue was extracted using a DNA Mini Kit (QIAGEN GmbH,
Hilden, Germany) (Cat. No. 51304) according to the manufacturer’s instructions. Amplification of the
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COX1 gene was performed using the primer pairs mentioned in Table 1 [28,29] and a thermocycler
(Veriti® 96-well Thermal Cycler, Model 9902, Biosystem). This procedure was conducted in a mixture
(20 µL) containing 4 µL of master mix (5×), 12 µL of RNase-free water and DNA template (2 µL).
The PCR program consisted of denaturation at 95 ◦C for 5 min, followed by 40 cycles of denaturation
for 45 s at 95 ◦C, annealing for 45 s at 54 ◦C and extension for 10 min at 72 ◦C. The PCR products were
analyzed by 1.5% agarose gel electrophoresis.

Table 1. List of primers used for the amplification of cytochrome c oxidase subunit I (COX1) gene in
Sarcocystis spp.

Gene Primers Sequences References

COX1
SF1 5′-ATG GCG TAC AAC AAT CAT AAA GAA-3′

[28–30]
SR9 5′-ATA TCC ATA CCR CCA TTG CCC AT-3′

2.7.2. DNA Sequencing

The aforementioned PCR products were first purified and then sequenced in the reverse and
forward directions (only) using a Genetic Analyzer at the Central Laboratory of King Saud University.

The sequences were analyzed using Geneious Prime Build [31]. All sequences were truncated
slightly using the error probability method with a limit of 0.05 at both ends. A Basic Local Alignment
Search Tool (BLAST) search was performed to identify related sequences. Multiple sequence alignments
were generated using CLUSTAL Omega [32]. The maximum likelihood trees were constructed using
PhyML 3.3 with 100 bootstraps [33].

2.8. Statistical Analysis

Statistical analysis was performed using the Statistical Package for Social Sciences (SPSS) software
(version 17, SPSS, Inc., Chicago, IL, USA). The lengths and widths of at least five cysts from each
organ (diaphragm, skeletal muscle, cardiac muscle, tongue, and esophagus) were determined by light
microscopy and expressed as the mean sizes and amplitudes of variation.

3. Results

3.1. Macroscopic Examination

No macroscopic cysts were detected by the naked eye during the inspection of carcasses or
collected samples.

3.2. Microscopic Examination

A compression technique with a light microscope was used for microscopic examination, in which
15 of 37 slaughtered camels (40.54%) were found to be positive for microscopic cysts. In particular,
the numbers of positive cases for diaphragm, skeletal muscle, cardiac muscle, tongue, and esophagus
samples were 14/37 (37.83%), 10/37 (27.01%), 9/37 (24.32%), 8/37 (21.62%), and 3/37 (8.10%), respectively.
Thin-walled sarcocysts and thick-walled sarcocysts were observed. In contrast to the tissue squash
method, the pepsin–hydrochloric acid digestion technique revealed a greater number of animals that
were positive.

3.2.1. Thin-Walled Microscopic Sarcocysts

Unstained sarcocysts were found to have thin walls, to be elongated and spindle-like in shape,
and to be present within the muscle fibers. The sarcocysts measured 197.9–405.6 µm in length (mean
301.75 µm) and 57.3–125.6 µm in breadth (mean 91.45 µm) (Figure 1A). Stained sarcocysts are shown in
Figure 1B. Histopathological sections revealed that the cysts measured 83.50–135.50 µm in length (mean
109.5 µm). The cyst wall consisted of two layers, an outer striated layer and an inner homogenous
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layer. The cystic cavity was divided into several compartments by fine trabeculae originating from
the cyst wall (Figure 1C). Ultrastructural analysis of the cyst wall showed that S. cameli sarcocysts
(shown in Figure 1D) have an outer cyst wall (Ocw) that is in close contact with the cyst wall,
ground substance, metrocytes, and bradyzoites or merozoites. The primary cyst wall (Pcw) displayed
irregular folded nonbranched finger-like villar protrusions with fibrillar elements originating from
the ground substance at a distance of 0.54 µm below the primary cyst wall and protruding into it.
The villar protrusions measured 0.93 µm in length and 0.77 µm in width at the base and 0.35 µm
at the apex. The distance between each villar protrusion measured 1.7 µm. The finger-like process
(Flp) was generally surrounded by numerous scattered host cell mitochondria. The ground substance
was located directly under the primary cyst wall with a diameter of 1.27–1.7 µm (mean: 1.48 µm).
The space between the primary cyst wall (Pcw) and the contents of the cyst was primarily fine, showing
dense homogenous granules and fibrillar elements folding into the primary cyst wall. The ground
substance extended into the interior of the cyst, forming a thin septum separating the entire cyst into
compartments enclosing the metrocytes and bradyzoites or merozoites.

Figure 1. Morphology of a sarcocyst of S. cameli from the esophageal muscles of a camel
(Camelus dromedarius). (A) Microscopic thin-walled S. cameli (white arrow) (bar = 100 µm). (B) Cysts
stained with Giemsa after pepsin–hydrochloric acid digestion (black arrow). (C) Histopathological
section of camel esophageal muscles showing the thin cyst wall (CW) of S. cameli (H&E) (bar = 70 µm).
The thin and smooth cyst wall and the clearly visible septum are shown. (D) The cyst wall in detail,
containing an outer cyst wall (Ocw), a primary cyst wall (Pcw), ground substance (Gs), septae (Se),
merozoites (Mr), fibrillar elements (Fe), metrocytes (Mt), and finger-like process (Flp) (10,000×).
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3.2.2. Thick-walled Microscopic Sarcocysts

The sarcocysts appeared fusiform or spindle-shaped, measuring 151–449 µm in length (mean
300 µm) and 65–140 µm in breadth (mean 102.5 µm) (Figure 2A). Cysts after pepsin–hydrochloric acid
digestion are depicted in Figure 2B. Histopathological sections demonstrated that the cysts had a thick
wall composed of two layers: an outer striated layer and an inner smooth layer. The cyst cavity was
divided into compartments by a narrow septum originating from the wall in the periphery of the cyst
(Figure 2C). Ultrastructural analysis (Figure 1D) of the cyst wall revealed an outer cyst wall connected
to the primary cyst wall (Pcw), ground substance (Gs), metrocytes, and bradyzoites for S. camelicanis.

Figure 2. Morphology of a sarcocyst of S. camelicanis from the skeletal muscles of a camel
(Camelus dromedarius). (A) Microscopic thick-walled S. camelicanis (white arrow) (bar = 100 µm).
(B) Cysts after pepsin–hydrochloric acid digestion (small black arrow). (C) A histopathological section
of the skeletal muscles of a camel shows the thick cyst wall (Cw) (black arrow) of S. camelicanis and a
clearly visible septum (H&E; bar = 20 µm). (D) A Sarcocystis camelicanis thick-walled cyst showing
the primary cyst wall (Pcw) (black arrow), ground substance (Gs), fibrillar elements (Fe), finger-like
process (Flp), knoblike structures (Kls) (black arrow), Mitochondria (M), and merozoites (Mr) (40,000×).
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The primary cyst wall (Pcw) is a thick, dense layer adjacent to the Gs. Fibrillar elements (Fe)
originating from the Gs at 0.60 µm below the Pcw aggregated towards the Pcw and embedded into it,
forming finger-like protrusions (Flp). The cyst measured 2.15–2.91 µm (mean 2.53 µm) in length and
0.52–0.60 µm (mean 0.56 µm) in breadth. Each Flp carried characteristic multiple numerous knob-like
structures (Kls), which were spherical in shape with a diameter of 0.10–0.14 µm (mean 0.12 µm); their
number varied from 19 to 25 on each protrusion. The distance between each Flp was 0.71–0.89 µm
(mean 0.80 µm), and they were generally surrounded by numerous dispersed host cell mitochondria
(M). The Gs was found to be 1.25–1.60 µm (mean 1.42 µm) below the Pcw and in between the Pcw
and metrocytes. It appeared as a homogeneous substance and extended to the interior of the cyst by a
septum separating the entire cyst into a number of compartments enclosing the metrocytes, merozoites
and other structures.

3.3. Genetic Characteristics

Genomic DNA extracted from four Sarcocystis spp. isolates, D7S (thin-walled cyst), D10S
(thick-walled cyst), R10C (thick-walled cyst) and R16C (thin-walled cyst), were used for the amplification
of 1000-bp COX1 sequences.

The first two were isolated from the skeletal muscle of a Dammam camel, and the last two were
isolated from the cardiac muscle of a Riyadh camel. These sequences were 692, 513, 194, and 205
nucleotides in length, respectively, and shared a pairwise identity of 63.1%. All sequences obtained in
this study have been deposited in GenBank under accession numbers MK948444 (D7S), MK948443
(D10S), MK948442 (R10C), and MK948441 (R16C).

BLAST results showed that the D7S sequence had similarity to S. levinei hosted by Bubalus bubalis
(heart tissue) in India, accession numbers MH255774–MH255777, with 86.5% pairwise identity and
89.6% coverage. The D7S sequence also displayed similarity to S. rangi hosted by Rangifer tarandus in
Norway, accession numbers KC209662–KC209666, with 85.2% pairwise identity and 87.57% coverage.

Furthermore, the D10S sequence exhibited similarity to S. miescheriana, accession number
MH404202, hosted by Sus scrofa in Italy, with 80.7% pairwise identity and 43% coverage. The D10S
sequence was also similar to S. fayeri, accession number LC171854, hosted by Equus caballus in Canada,
with 79.1% pairwise identity and 43% coverage. The phylogenetic tree with bootstrap proportions is
illustrated in Figure 3. Toxoplasma gondii (JX473253) was used as an outgroup. For R10C and R16C,
‘194 and 205’ are very short sequences inappropriate for analysis. The tree shows that MK948444
(D7S) and MK948442 (R10C) are placed in a clade with S. levinei. MK948443 (D10S) is grouped with
Sarcocystis miescheriana. MK948441 (R16C) is grouped with Sarcocystis fayeri.
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Figure 3. Genetic relationships of our samples isolated from camels in Saudi Arabia (highlighted in
pink) with other Sarcocystis spp. retrieved from GenBank based on the COX1 region.

4. Discussion

To establish the occurrence of Sarcocystis spp., this study examined the esophagus, tongue,
diaphragm, skeletal muscle, and heart tissue from 37 camel specimens (27 from Riyadh and 10 from
Dammam). The results showed that the overall prevalence rates of Sarcocystis spp. were 40.74% (11/27)
in Riyadh specimens and 40% (4/10) in Dammam specimens.

In the present study, macroscopic cysts were not detected. However, macroscopic cysts have been
reported to be less common in some esophageal samples [34,35]. In this study, the squashing and
pepsin-hydrochloric acid digestion methods accompanied by light microscopy were used, wherein the
technique of pepsin-hydrochloric acid digestion revealed a greater number of positive animals. Cysts
from esophageal and skeletal muscle samples appeared in a cylindrical and spindle-like shape.

Cysts were found to have thin and smooth or thick walls divided internally into several
compartments by trabeculae. Thin-walled cysts have been identified in the esophagus and diaphragm
of camels slaughtered at Al-Ahsa Abattoir, Saudi Arabia [36]; in the esophagus, diaphragm, heart,
shoulder, and masseter muscles of one-humped camels slaughtered in southern Ethiopia [37]; in the
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esophagus, diaphragm, heart, skeletal muscles, and tongue of one-humped camels slaughtered in
Iran [18], and in the esophagus of one-humped camels slaughtered in Egypt [38].

Thick-walled cysts were found in the esophagus of one-humped camels slaughtered in Egypt [10];
in the esophagus, diaphragm, heart, skeletal muscles, and tongue of one-humped camels slaughtered
in Egypt [19]; in the esophagus of one-humped camels slaughtered in Egypt [39], and in the esophagus,
skeletal muscles, and tongue of one-humped camels slaughtered in Egypt [40]. Similarly, both thin-
and thick-walled Sarcocystis cysts have been suggested to be at different stages in the same parasite
and have been termed S. cameli [41]. In addition, thick-walled cysts were found repeatedly and termed
S. cameli, whereas thin-walled cysts were unnamed [18,25,36].

Sarcocystis spp. isolated from C. dromedarius from Dammam and Riyadh grouped alongside
S. levinei hosted by B. bubalis (heart tissue) in India (accession numbers MH255774–MH255777) [42],
S. rangi hosted by R. tarandus in Norway (accession numbers KC209662–KC209666) [43], S. miescheriana
hosted by S. scrofa in Italy (accession number MH404202) [44], and S. fayeri hosted by E. caballus in
Canada (accession number LC171854) [45].

In the present study, four partial sequences of the COX1 gene were analyzed. Two samples, R10C
(thick-walled cyst) and D7S (thin-walled cyst), isolated from C. dromedarius in Riyadh and Dammam,
Saudi Arabia, respectively, were identified by histological and TEM approaches as Sarcocystis spp.
The phylogenetic tree shows that these two samples are related to S. mansoni hosted by South American
camelids, S. levinei hosted by water buffaloes, and S. miescheriana hosted by pigs, suggesting that camels
are receptors of Sarcocystis spp. from other intermediate hosts.

The main limitation of this study lies in the other two samples, D10S and R16C. These two samples
were identified by histological and TEM approaches as Sarcocystis spp. (D10S, thick-walled cyst; and
R16C, thin-walled cyst). However, in the phylogenetic tree, they were not grouped in a clade with
R10C and D7S. Through a deeper analysis of the raw data, it was found that the samples were of lower
quality than R10C and D7S. This low quality affected the process of phylogenetic tree construction.

5. Conclusions

In this study, our results highlight the necessity to reinforce a more in-depth phylogenetic analysis
and identification of Sarcocystis spp. with more taxa and different molecular markers. For instance,
amplification of the 18S rRNA gene should be performed to further distinguish among the closely
related Sarcocystis spp.
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Simple Summary: Ancylostomiasis is a zoonotic disease caused by the Ancylostoma hookworm
infection of dogs, cats, and other wildlife species and is frequently found in Asia and tropical regions.
The present study had confirmed the species of hookworm in dogs and soil environments collected
from temple communities. In addition, we investigated the association of hookworm-contaminated
soil in temple areas to increase awareness and establish a regimen to prevent zoonotic hookworm
transmission. Lastly, we analyzed the genetic diversity and evolution of hookworm in dogs and soil
environments among Thai A. ceylanicum and other Asian populations and disclosed insight into their
fundamental genetic relationship.

Abstract: Ancylostoma ceylanicum is a zoonotic helminth that is commonly found in domestic dogs
and cats throughout Asia but is largely neglected in many countries. This study aimed to confirm the
species of hookworm in dogs and soil environments and investigate the evolutionary analyses of
A. ceylanicum among Thai and Asian populations. In a total of 299 dog fecal samples and 212 soil
samples from 53 temples, the prevalence rates of hookworm infection by microscopic examination
were 26.4% (79/299) and 10.4% (22/212) in dog and soil samples, respectively. A PCR-RFLP targeting
the ITS region was then utilized to identify the hookworm species. In dogs, A. ceylanicum was the
main hookworm species, and the rates of A. ceylanicum and A. caninum infections were 96.6% and 3.5%,
respectively. The genetic characterization and diversity indices of the A. ceylanicum cox1 gene among
Thai and Asian populations were evaluated. Nine haplotypes were identified from Thai A. ceylanicum,
in which the haplotype diversity and the nucleotide diversity were 0.4436 and 0.0036, respectively.
The highest nucleotide diversity of Chinese A. ceylanicum populations suggested that it could be the
ancestor of the populations. Pairwise fixation indices indicated that Thai A. ceylanicum was closely
related to the Malaysian population, suggesting a gene flow between these populations. The temples
with hookworm-positive dogs were associated with the presence of hookworm-contaminated soil,
as these levels showed an approximately four-fold increase compared with those in temples with
hookworm-negative dogs (OR = 4.38, 95% CI: 1.55–12.37). Interestingly, the genotypes of A. ceylanicum
in the contaminating soil and infecting dogs were identical. Therefore, increased awareness and
concern from the wider public communities with regard to the responsibility of temples and municipal
offices to provide proper deworming programs to community dogs should be strongly endorsed to
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reduce the risk of the transmission of this zoonotic disease. In addition, parasitic examination and
treatment should be strongly implemented before dogs are imported and exported worldwide.

Keywords: Ancylostoma ceylanicum; community dogs; ITS region; cox1; Thailand; population diversity

1. Introduction

Hookworms are soil-transmitted gastrointestinal nematodes of the Ancylostomatidae family that
infect dogs, cats, and humans. These nematodes are endemic in tropical and subtropical regions of the world,
including parts of China, Southeast Asia, Australia, and Africa [1–4]. Hookworms can infect the host by
the fecal-oral route and through the skin penetration of the third-stage larvae [2]. Hookworm infection
causes intestinal blood loss, anemia, malnutrition, and dermatitis [5]. Common species of hookworm
infection in dogs include Ancylostoma caninum, A. ceylanicum, A. braziliense, and Uncinaria stenocephala,
while A. braziliense, A. tubaeforme, A. ceylanicum, and U. stenocephala are commonly found in cats [6,7].
Recent studies have shown that ancylostomiasis in humans results from Necator americanus, A. duodenale,
and A. ceylanicum [5,8,9]. Among Ancylostoma species, A. ceylanicum is the only species of animal
hookworms known to produce patent infections in humans and is an important cause of zoonotic
ancylostomiasis in Asia and Southeast Asia [9–14].

In general, the epidemiological study revealed that animal-derived Ancylostoma species are
emerging due to human and animal interaction [15,16]. In Thailand, free-roaming community dogs
have been widespread and come in close contact with people in some areas, such as temples and rural
communities. The presence of hookworm larvae in soil reported by George et al. [5] confirmed that
humans and dogs are at risk of infection from hookworm-contaminated soil. Additionally, a previous
report in Malaysia from Ngui et al. [15] indicated that people who are not wearing shoes are at risk of
hookworm infection from hookworm-contaminated soil. The opportunity for exposure to hookworm
is high in children, farmers, and especially Buddhist monks, who do not wear shoes based on their
practices and Buddhist tradition in Thai temples. Information regarding whether the soil in the area is
contaminated with hookworm is, therefore, important for public health to promote awareness and
establish a regimen to prevent zoonotic hookworm transmission.

The conventional method for hookworm diagnosis is coprological examination. However, this method
cannot differentiate hookworm species due to the similar egg size and morphology. Morphological
identification of adult hookworms is achievable, but the process is time-consuming and labor-intensive
and requires personal skill [16]. Alternatively, molecular techniques have been developed for the
identification of hookworms at the species level, such as polymerase chain reaction (PCR) assays
and PCR with restriction fragment length polymorphism (PCR-RFLP) assays targeting the internal
transcribed spacer (ITS) region [16]. The ITS region is a conserved region with a low mutation rate and
has no intraspecific variation [17]. Thus, the ITS region is suitable as a genetic marker for hookworm
species identification [18]. Recently, the cytochrome c oxidase subunit 1 (cox1) gene has been utilized to
evaluate the evolution and relationship of hookworm species among the population [19,20], given its
high intraspecific sequence variation from maternal inheritance and high evolutionary rates [21].

In Northern Thailand, a few reports have assessed the prevalence of hookworm infection
in humans, domestic dogs, and cats. By microscopic examination, hookworm infection rates of
approximately 21.3% in dogs and 13.9% in cats [22] and 12% in dogs and 4.5% in cats [23] have been
reported in the lower northern region and in the Chiang Mai province of the upper northern region,
respectively. The prevalence of hookworm infection in humans ranged from 0.6% to 13.4% [24,25].
However, the species of hookworm in Upper Northern Thailand have never been clarified. The present
study, therefore, aimed to identify the species of hookworm in dogs and investigate the presence of
hookworm contamination in the soil environment of community temples where there are high risks
of communicable pathogen transmission. Furthermore, the genetic characteristics of Ancylostoma
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hookworm and the evolutionary genetic relationships among the Thai hookworm and the populations
of neighboring Asian countries have been elucidated.

2. Materials and Methods

2.1. Study Area and Sample Size

The study area is located in the upper northern region of Thailand. Four provinces, including Chiang Mai
(18◦47′26” N, 98◦59′14” E), Chiang Rai (20◦01′05” N, 99◦40′22” E), Lampang (18◦17′21” N, 99◦29′26” E),
and Phayao (19◦11′30” N, 99◦52′47” E), were chosen and considered as high dog population density
provinces (Figure 1). Sampling sites were 53 community temples that were chosen based on convenience
and distribution from at least 3 districts in each province. The inclusion criteria for temple selection were
(i) a human population density of more than 30 persons per sq. km. [26,27], (ii) no regular deworming
program in dogs within 3 months, and (iii) ease of access and sample transportation to the laboratory.
The sample size of 299 dog fecal samples for the detection of hookworm infection was calculated using
the Win episcope 2.0 program [28] based on an estimated hookworm prevalence of 12.8% in dogs [29]
and an error rate of 5% with a 95% level of confidence. The stratified sampling method was used to
generate the number of samples per province based on dog population data [30].
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All the owners signed an informed consent form, and the animal use was approved by the Ethics
Committee of the Laboratory Animal Center, Faculty of Veterinary Medicine, Chiang Mai University
(S41/2561), on 18 January 2019.

2.2. Sample Collection and Examination

2.2.1. Fecal and Soil Sample Collection

Samples were collected between June and September 2019. Two hundred and ninety-nine fecal
samples were collected from the rectum of dogs or fresh fecal samples found on the ground. All the
collected fresh feces were normal in appearance (medium to dark brown in color, soft to firm in texture)
based on the WALTHAM fecal scoring system [31]. The dog ID, date of collection, temple name,
district, province, cleaning housing program, and type of food were recorded. Soil environment
samples were collected at the temple in the morning (08:00–10:00). For soil sample collection, the sites
of sample collection were defined by 4 areas in each temple: (i) temple courtyard, (ii) dog dwelling
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area, (iii) human activity area (such as sand pagoda), and (iv) under the big tree. In the collection
site that was not dirt ground, the soil sample for that site was obtained from the adjacent ground
within a 2 m radius of the area. Soil samples were collected from moist areas within the selected
sampling sites, and approximately 50 g (wet weight) was obtained by scraping the surface layer to
gather a 0.09 square meter area using a metal spade. The soil samples were kept separately in a sealed
plastic bag.

All the samples were stored on ice and transported to the Parasitology Laboratory, Faculty of
Veterinary Medicine, Chiang Mai University. Samples were refrigerated at 4 ◦C upon arrival.

2.2.2. Microscopic Examinations of Fecal and Soil Samples

Fresh fecal samples were examined under a light microscope after simple floatation using zinc
sulfate solution (specific gravity: 1.18) for the presence of eggs. The remainder of the fecal sample was
stored at −20 ◦C until further molecular analysis. The Baermann technique was used to determine
the presence of hookworm-like larvae in the soil samples [32]. Twenty grams of soil samples were
primarily filtered through a tea strainer to remove any debris and then subjected to another filtration
step using 2 sieve filters with pore sizes of 0.4 and 0.2 mm. The filtrated soil sample was cultured
individually using tap water. Hookworm-like larvae containing sediments were stored at −20 ◦C until
further molecular analysis could be carried out.

2.3. DNA Extraction

Genomic DNA (gDNA) samples from hookworm-positive samples were extracted using the
NucleoSpin®DNA stool kit (Macherey-Nagel GmbH, Düren, Germany) according to the manufacturer’s
instructions. In the elution step, gDNA samples were eluted with 100 µL of elution buffer. The extracted
DNA concentration and quality were determined using a spectrophotometer (Beckman Coulter DU®

730 Life Sciences, Pasadena, CA, USA) at wavelengths of 260 and 280 nm. All the gDNA samples were
kept at −20 ◦C until the next step.

2.4. Molecular Analyses

2.4.1. Identification of Hookworm Species Using a Polymerase Chain Reaction-Restriction Fragment
Length Polymorphism (PCR-RFLP) Assay Based on ITS Region

The PCR-RFLP assay, which was established by Traub et al. [16], was conducted to
identify the species of hookworm in the positive dog fecal and soil samples. A forward
primer RTGHF1 (5′-CGTGCTAGTCTTCAGGACTTTG-3′) and a reverse primer RTABCR1
(5′-CGGGAATTGCTATAAGCAAGTGC-3′) were used to amplify the 545-bp region of the internal
transcribed spacer (ITS1, 5.8S, and ITS2). PCR amplification reactions were performed in a 25 µL
reaction volume containing 10 ng of template gDNA (2–4 µL), 0.2 µM of each primer (0.5 µL of 10 µM),
and 12.5 µL of 2× PCR Master Mix (KOD One™ PCR Mastermix; Toyobo, Japan). The thermocycling
conditions were as follows: initial denaturation at 94 ◦C for 2 min, 45 cycles of amplification (94 ◦C
for 30 s, 62 ◦C for 30 s, and 72 ◦C for 30 s), and a final extension at 72 ◦C for 5 min. The reaction was
performed on a T100™Thermal Cycler (Bio-Rad, Hercules, CA, USA). The amplified PCR products were
digested with Hinf1 to differentiate A. caninum from A. ceylanicum and U. stenocephala. The digestions
were performed at 37 ◦C for 16 h, using 1 unit of restriction enzyme and 1 µg of DNA (3–5 µL of PCR
product) in a total reaction volume of 20 µL. The PCR products were analyzed using 2% agarose gels
electrophoresis. Distilled water (DW) and the gDNA of A. caninum and A. ceylanicum were used as a
negative and positive control, respectively.

2.4.2. PCR Assay and Nucleotide Analysis Based on A. ceylanicum and A. caninum cox1 Gene

The mitochondrial cox1 gene served as the target to assess the genetic characteristics and
evolutionary analysis. The previously identified A. ceylanicum- and A. caninum-positive samples were
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successively subjected to PCR for the cox1 gene using a set of primers described by Inpankaew et al. [33],
including the forward primer AceyCOX1F (5′-GCTTTTGGTATTGTAAGACAG-3′) and the reverse
primer AceyCOX1R (5′-CTAACAACATAATAAGTATCATG-3′), amplifying a 377-bp amplicon.
The reactions were performed in a 50 µL reaction mixture volume, containing 10 ng of template
gDNA (2–4 µL), 0.2 µM of each primer (1 µL of 10 µM), and 25 µL of 2× PCR Master Mix (KOD
One™ PCR Mastermix; Toyobo, Japan). The PCR conditions were set as follows: initial denaturation
at 94 ◦C for 2 min, 45 cycles of amplification (94 ◦C for 30 s, 55 ◦C for 30 s, and 68 ◦C for 45 s),
and a final extension at 72 ◦C for 5 min. The reaction was performed using a T100™ Thermal
Cycler (Bio-Rad, Hercules, CA, USA). The DW and gDNA of A. caninum and A. ceylanicum were
used as negative and positive controls, respectively. The PCR products were purified using a
NucleoSpin® PCR Clean-up Kit (Macherey-Nagel GmbH, Düren, Germany). Purified PCR products
were submitted for fluorescent dye-terminator sequencing by Bio Basic, Inc. (Singapore, Singapore) in
the sense and antisense directions using the PCR primer set described above. For nucleotide analysis,
the cox1 amplicons of 32 samples (29 A. ceylanicum samples from dogs, 2 A. ceylanicum samples from soil,
and 1 A. caninum sample from dog) were selected based on the geographic distribution, covering all
positive provinces.

2.5. Data Analyses

2.5.1. Prevalence of Hookworm Infection/Contamination

Positive fecal samples from the zinc sulfate flotation technique and positive soil samples from
the Baermann technique were considered as positive for hookworm detection. The prevalence of
hookworm infection in dogs and contamination in soil samples were estimated using the formula
prevalence = (number of positives samples divided by the number of samples in dogs/soil examined) × 100.
The association between hookworm-positive results and sampling areas was assessed using Fisher’s
exact test. The significance was defined as p < 0.05.

2.5.2. Phylogenetic Analysis

The cox1 sequences were edited and manually aligned. The consensus sequences were generated
using the BioEdit Sequence Alignment Editor [34] and then compared with the nucleotide sequences
from GenBank using a Basic Local Alignment Search Tool (BLAST) analysis. Phylogenetic analysis
was performed using MEGA X [35]. Multiple sequences were aligned using ClustalW (https://
www.genome.jp/tools-bin/clustalw), and phylogenetic analysis was performed using a maximum
likelihood (ML) method based on the Kimura 2-Parameter model. The consensus tree was obtained
after a 1000-replication bootstrap analysis. The cox1 sequences of A. ceylanicum from other areas
of Thailand and other countries, including Malaysia, Cambodia, China, Japan, Papua New Guinea,
Australia, and Tanzania, and A. caninum from Australia (NC012309) were used as reference sequences
for tree construction (Table S1). In addition, the sequence of A. duodenale from China (accession number:
NC003415) was used as an outgroup species.

2.5.3. Population Genetic Analysis

The DnaSP 6 program [36] was used for the haplotype analysis and calculations to determine
the haplotype diversity (Hd), nucleotide diversity (π), and the number of variable sites (S). The gene
flow among populations was analyzed by fixation index (FST) statistics using the Arlequin program
Version 3.5 [37]. The gene flow of A. ceylanicum was analyzed using the reference sequences from Asian
countries, including Thailand, China, Malaysia, and Cambodia (Table S2). The Network program [38]
was used to generate a median-joining (MJ) network of cox1 haplotypes and reference haplotypes and
was subsequently drawn manually. The references haplotype and their frequency obtained from the
NCBI database (https://www.ncbi.nlm.nih.gov/genbank/) are described above.
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3. Results

3.1. Prevalence and Distribution of Hookworm Infection

A total of 299 fecal samples and 212 soil samples from 53 temples were examined microscopically,
and the hookworm species were identified by PCR-RFLP targeting the ITS region. The prevalence
rate of hookworm in dogs was 26.4% (79/299), as assessed by microscopic examination. PCR-RFLP
successfully identified the species of hookworm in 58 samples, and the rates of A. ceylanicum and
A. caninum infection were 96.55% (56/58) and 3.45% (2/58), respectively (Figure 1). On the other
hand, the prevalence of hookworm-like larvae in soil was 10.38% (22/212), as assessed by microscopic
examination (Table 1). However, PCR-RFLP only identified the species in 8 of 22 samples, and all the
samples were identified as A. ceylanicum (Table 1).

Table 1. Summary of hookworm infection in dog fecal samples and soil samples in Thailand,
as demonstrated by the microscopic results and subsequent PCR-RFLP targeting the ITS region.

Province

Fecal Samples Soil Samples

Positive
Microscopic N2

A.
ceylanicum

A.
caninum n/a Positive

Microscopic N4
A.

ceylanicum
A.

caninum n/a

N1 n % n % n % n N3 n % n % n % n

Chiang Mai 159 57 35.85 a 42 40 95.24 2 4.76 15 120 16 13.33 3 3 100 0 0 13
Chiang Rai 70 6 8.57 b 5 5 100 0 0 1 48 1 2.08 1 1 100 0 0 0
Lampang 20 9 45.00 a 5 5 100 0 0 4 16 3 18.75 2 2 100 0 0 1
Phayao 50 7 14.00 b 6 6 100 0 0 1 28 2 7.14 2 2 100 0 0 0

Total 299 79 26.42 58 56 96.55 2 3.45 21 212 22 10.38 8 8 100 0 0 14

N1: total number of examined dog fecal samples assessed by microscopic examination; N2: number of positive
dog samples successfully assessed with PCR-RFLP; N3: total number of examined soil samples by microscopic
examination; N4: number of positive soil samples successfully assessed with PCR-RFLP; n/a: species unidentified
samples; superscripts (a,b) indicate test results of Chi-square on prevalence among four provinces (any measurements
with shared superscript letters are not significantly different from each other at p < 0.05).

Considering the population, the temple-level prevalence of positive dogs and positive soils was
47.17% (25/53) and 26.42% (14/53), respectively (Table S3). A total of 10 temples were positive for hookworm
both in dog and soil samples (Table S3). Although not statistically significant, the hookworm-positive results
in dogs were speculated to be associated with the hookworm-positive results in the soil (p = 0.06).
Regarding the different areas in each temple, we found that the soil from dog-dwelling areas had the
highest rates of hookworm contamination (15.09%, 8/53), followed by the soil from human activity
areas, such as sand pagoda (11.32%; 6/53); the areas under big trees (9.43%; 5/53); and the temple
courtyard (5.66%, 3/53) (Table S4). However, the frequency of hookworm-contaminated soil in each
sampling site in the temple exhibited no significant differences (p > 0.05; Fisher’s exact).

3.2. Hookworm Species Confirmation and Genetic Characteristics of the A. ceylanicum Mitochondrial cox1 Gene

The nucleotide BLAST of partial cox1 sequences (315 bp) of 31 A. ceylanicum sequences exhibited a
high identity (98.07–100%) with Thai A. ceylanicum (GenBank accession no. KF896595). An A. caninum
sequence from a dog exhibited a 96.71% identity with A. caninum from Australia (GenBank accession
no. AJ407962). The obtained A. ceylanicum cox1 gene sequences from dog and soil isolates were classified
into nine haplotypes, which were referred to as Acy-COX1-TH01 to Acy-COX1-TH09. The sequences of
A. ceylanicum of dogs and soil were deposited in GenBank (DDBJ/EMBL/GenBank database accession
no. LC533318-LC533327). The sequence of A. caninum was deposited as LC533328 (Table S5).

Genetic variation among nine haplotypes of Thai A. ceylanicum, as assessed by multiple alignment
analysis, revealed 12 different variable sites, including 2 transversions and 10 transitions (Table 2).
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Table 2. Multiple alignment of the partial cox1 from 9 haplotypes of A. ceylanicum in this study.

Haplotype
Name

Nucleotide Position on the A. ceylanicum cox1 Gene

48 72 87 88 90 105 147 150 198 199 219 264

Acy-COX1-TH01 A C A G A A G A G G A G
Acy-COX1-TH02 G . . . . . A . . . . .
Acy-COX1-TH03 . T . . . . . . . . . .
Acy-COX1-TH04 . . . . . G . . A A . .
Acy-COX1-TH05 . . . C . . . . . . . .
Acy-COX1-TH06 . T G . G . A . . . G A
Acy-COX1-TH07 . . . . . . . T . . . .
Acy-COX1-TH08 . . G . . . . . . . . .
Acy-COX1-TH09 G . . . . . . . . . . .

Dots indicated the matching of nucleotide position the A. ceylanicum sequence.

The distribution and frequencies of A. ceylanicum haplotypes in Upper Northern Thailand were
analyzed and revealed that the Acy-COX1-TH01 haplotype was detected at the highest frequency
at 74.2% (23/31 sequences). This haplotype was commonly observed in all four provinces and
found in both fecal and soil samples. As displayed in Figure 2, the sequence of two soil isolates
(Acy-COX1-TH01-soil) was close to Acy-COX1-TH01-dog. Six haplotypes are present in Chiang Mai
(Acy-COX1-TH01 to TH06), 3 haplotypes are present in Lampang (Acy-COX1-TH01, TH08, and TH09),
whereas only one or two haplotypes were observed in Chiang Rai (Acy-COX1-TH01 and TH07) and
Phayao (Acy-COX1-TH01) provinces (Table S5). Regarding the relationship among the human and
animal isolates, Thai Acy-COX1-TH01 was close to the sequences of A. ceylanicum from Malaysian
people (MK792828), dog (MK792824), and cat (MK792825) that belong to the same haplotype MA02
(Figure 2 and Table S1). Similarly, Acy-COX1-TH03 was close to the sequences of A. ceylanicum from
human (KC247737) and dog (KC247734) that belong to the haplotype Malaysian MA01. Regarding the
relationship between A. ceylanicum and geographic distribution, a phylogenetic tree demonstrated that
A. ceylanicum from Thailand and all reference countries, including Malaysia, Cambodia, China, Japan,
Papua New Guinea, and one country from the African continent (Tanzania), were located in the same
clade, with the exception of one human sequence in Australia (AJ407937) (Figure 2).

3.3. Population Analyses of the A. ceylanicum Mitochondrial cox1 Gene among Asian Countries

The haplotype network displayed a star-like pattern and exhibited a wide dispersal around the
predominant haplotype Acy-COX1-TH01 (in this study). This haplotype was identical to haplotypes
MA02 from Malaysia, CA01 from Cambodia, and CH01 haplotype from China (Figure 3). The second
most abundant haplotype was Acy-COX1-TH03, which was placed in the same group as haplotype
MA01 from Malaysia and haplotype CA03 from Cambodia. Acy-COX1-TH06 was the most distinct
haplotype, which includes four nucleotide-substitutions and was delineated from the haplotype CA02
from Cambodia.

The genetic diversity of the Thai A. ceylanicum population has been analyzed and compared
pairwise to the populations of Cambodia, Malaysia, and China. The Thai A. ceylanicum cox1 population
(32 sequences; 31 from this study and 1 sequence from Inpankaew et al. [33]) displayed the lowest
genetic diversity—i.e., a haplotype diversity (Hd) of 0.4435 and a nucleotide diversity (π) of 0.0036
(Table 3).
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Figure 2. The evolutionary relationship of A. ceylanicum and A. caninum isolates from dogs and soil
based on the 259-bp fragments of the mitochondrial cytochrome c oxidase subunit 1 (cox1) gene. The tree
was constructed using a maximum likelihood method based on the Kimura 2-Parameter using the
MEGA X software version 10.0.5. The number in each branch indicates the percentage of 1000 bootstrap
replications. Sequences obtained from GenBank are indicated by their accession numbers.
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Figure 3. The haplotype network map of A. ceylanicum based on a fragment of the cox1 gene from
Thailand, Cambodia, China, and Malaysia. Circle size is scaled to frequencies of each haplotype.
The hash marks indicate nucleotide substitutions among adjacent haplotypes.

Table 3. Summary of the genetic diversity of the 4 populations of A. ceylanicum based on the nucleotide
sequences of the partial mitochondrial cox1 gene.

Populations N
Diversity

S h Hd ± SD π ± SD

Thailand 32 11 9 0.4435 ± 0.1105 0.0036 ± 0.0028
Cambodia 10 6 6 0.9111 ± 0.0620 0.0088 ± 0.0059
Malaysia 40 4 5 0.6141 ± 0.0593 0.0043 ± 0.0006

China 12 17 9 0.9394 ± 0.0577 0.0201 ± 0.0118

N: numbers of A. ceylanicum sequences used; S: numbers of variable sites; h: numbers of haplotypes; Hd: haplotype diversity;
SD: standard deviation; π: nucleotide diversity.

The highest haplotype diversity and nucleotide diversity were observed in the Chinese
A. ceylanicum population (Hd = 0.9394; π = 0.0201), followed by the Cambodian and Malaysian
populations. Pairwise (FST) indices between the Thai A. ceylanicum population and other reference
populations were 0.2644, 0.2507, and 0.1526 for the Chinese, Cambodian, and Malaysian populations,
respectively. In addition, the highest FST value of 0.3577 was observed between the Chinese and
Malaysian populations. All the FST values were statistically significant (Table 4).

Table 4. The pairwise fixation index (FST) among four A. ceylanicum populations based on the partial
mitochondrial cox1 gene.

Populations Thailand Cambodia Malaysia China

Thailand -
Cambodia 0.2507 -
Malaysia 0.1526 0.0999 -

China 0.2644 0.1939 0.3577 -

All values were statistically significant (p < 0.001).

4. Discussion

The major hookworm species in the community dogs in Upper Northern Thailand was A. ceylanicum.
We demonstrated an approximately 50% temple-level prevalence of hookworm infection in dogs,
and these positive dogs were commonly living in the community temples and freely roaming in the
surrounding communities. The prevalence of hookworm infection at the individual dog level in this
study (26.4%) showed an approximately two-fold increase compared with previous studies in Chiang
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Mai province (approximately 12%), as reported by Tiwananthagorn et al. (unpublished results) and
Tangtrongsup et al. [23], and greater than that reported by Pumidonming et al. [22] in Lower Northern
Thailand (21.3%). These differences are probably due to the different study areas and the inclusion
criteria of no regular deworming program. The proportion of A. ceylanicum infection in dogs from
our study in Upper Northern Thailand (96.6%) was higher than the previous report in the Lower
Northern region, which reported a rate of 82.1% [22]. Recently, various studies have reported the
rate of A. ceylanicum in hookworm infection in the bordering countries of Thailand: 94.4% of dogs in
Cambodia, 52% of dogs in Malaysia [39], 77.8% of dogs in Laos [40], and 42.7% of dogs in China [7].
The failure of PCR amplification in some fecal and soil samples was noticed in the present study and
was also noted in other studies. This failure could be due to the low intensity of infection, resulting in
a reduced number of hookworm eggs, and some PCR inhibitors in the fecal and soil samples interfere
with the amplification reaction [15,41]. Therefore, developing a more robust PCR assay to improve the
diagnosis of hookworm infection is needed for the efficient control of this zoonosis.

The temples with hookworm-infected dogs are prone to have hookworm-contaminated soil.
Here, we confirmed the presence of A. ceylanicum larvae in the soil. Moreover, the A. ceylanicum
genotypes in dogs and soil were identical, suggesting the shedding of hookworm from dogs to
the soil. The frequently detected areas in the positive temples included the dog’s dwelling areas;
human activity areas, such as the sand pagoda; and the areas under the big tree. These areas are
the places that community people commonly access for the Buddhist rituals, ceremonies, commerce,
and recreation. In addition, allowing dogs to roam freely with indiscriminate defecating areas in the
Thai temples can lead to the widespread contamination of infective A. ceylanicum hookworm larvae
in the environment and possible transmission to humans who occasionally go barefoot during these
activities. As suggested in rural Malaysia, close contact with community dogs and cats was associated
with A. ceylanicum hookworm infection in humans [42]. Previous reports worldwide have reported
soil contaminated with hookworm in the public parks of Brazil and Malaysia [43,44], a tribal area of
India [5], dog parks in Portugal [45], and organic farms in the Philippines [46]. Therefore, good hygienic
practices of shoe-wearing and temple ground cleaning programs should be encouraged to reduce
the risk of transmission [47]. In addition, reducing the number of free-roaming dog population size
through a sterilization campaign or by sheltering free-roaming dogs should be implemented [48].

The molecular epidemiologic data, phylogenetic relationship, and population analysis obtained
from the characterization of the cox1 gene of A. ceylanicum hookworms strongly support the distribution
of this parasite in the country, within the Asian continent, and possibly worldwide. A common haplotype
of Thailand (Acy-COX1-TH01), which was observed in all four provinces of Upper Northern Thailand,
suggested the circulation of A. ceylanicum in the region. Genetic differentiation analysis showed that
Thai A. ceylanicum had the lowest haplotype diversity and nucleotide diversity, indicating minimal
differences between haplotypes in Thailand. However, further studies in other regions of Thailand are
necessary. The pairwise fixation index showed that Thai A. ceylanicum was mostly close to Malaysian
A. ceylanicum, suggesting gene flow between these populations. In addition, the sharing haplotype of
the cox1 gene of A. ceylanicum among the countries (Acy-COX1-TH01 and MA02 and CA01 and CH01;
or Acy-COX1-TH03 and MA01 and CA03) advocated the transmission and widespread geographic
distribution among these countries [49]. The haplotype relationship between Malaysia and Cambodia
populations revealed a very complex evolutionary pattern with some median vectors that indicated
many lost or potential ancestors [50]. Interestingly, the Chinese A. ceylanicum exhibited the highest
haplotype and nucleotide diversities, suggesting that the Chinese A. ceylanicum might be an ancestor of
the populations in Asian countries. Our hypothesis is consistent with a previous study on the history
of domestic dogs, in which China was the origin of the dog species [51]. Animals potentially migrated
to accompany human colonization to other Asian countries and subsequently carried the parasites
and allowed the parasites to colonize new habitats [51–53]. Hence, the transportation of companion
animals should strictly follow the guidelines and regulations of each county to prevent the spreading
of zoonotic hookworm.
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Based on the phylogenetic tree, the sequences of A. ceylanicum from humans (MK792828-29),
dogs (MK792824), and cats (MK792825) in Malaysia belong to the same haplotype MA02, confirming that
transmission from dogs to humans has occurred. This species was also found in wildlife, such as
Asian golden cat, leopard cat, civet, and wild canids [9,54,55]. The biological, epidemiological,
and pathophysiological characteristics of A. ceylanicum in humans and other wildlife species in Thailand
and their genetic diversity with isolates from companion animals deserve further investigation.

Integrated control programs intended for combining chemotherapeutic interventions by
deworming programs with improvements in community hygiene and animal health programs
will aid in curbing this potentially opportunistic zoonosis. For the deworming program of community
dogs in Thailand, an oral dose of 10 mg/kg BW of pyrantel pamoate and the subcutaneous injection of
0.2–0.4 mg/kg BW ivermectin have been regularly administered for deworming; however, the efficacy
of these regimens against A. ceylanicum in dogs remains unclear. Currently, many commercial drugs
against A. ceylanicum infection in dogs have been tested at the laboratory level and exhibited greater than
99% efficacy within 3–7 days, including a combination of 15 mg/kg BW of febantel and 14.4 mg/kg BW
of pyrantel embonate (Drontal® Plus, Bayer Animal health) [56], a spot-on of 2.5 mg/kg BW moxidectin
(Advocate®, Bayer Animal health) [57], and 0.5 mg/kg BW milbemycin oxime (NexGard Spectra®,
Boehringer Ingelheim) [58]. The clinical field assessment of the efficacy of anthelminthic agents against
A. ceylanicum infection warrants further investigation.

5. Conclusions

In conclusion, this study provided the data, genetic characteristics, and evolutionary relationship
of A. ceylanicum in Thailand and other Asian countries. We confirmed that A. ceylanicum was the
predominant hookworm species in Northern Thailand, and the data fully supported the transmission
dynamics from dogs to soil environments. Therefore, the awareness of A. ceylanicum transmission from
dogs and soil in the temple should be raised. A proper schedule for the deworming of community
dogs and the regular cleaning of the temple ground are suggested to reduce the risk of transmission of
this zoonotic disease.
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Simple Summary: Filariasis is emerging as a public health concern for humans, dogs, cats, and other
wildlife species, and is frequently found in southeast Asian countries. The present study confirmed
the species of filarial nematodes in free-roaming dogs from temple communities. Two species were
found: Dirofilaria immitis infection and, for the first time, Brugia pahangi. The occurrence of the two
species was comparable. Geographic spatial distribution revealed the abundance of D. immitis and
B. pahangi in the central areas at altitudes less than 400 m. However, at higher altitudes between
400 and 800 m, we found a significantly higher number of B. pahangi infections than D. immitis
infections. In conclusion, D. immitis and B. pahangi were the most common filarial infections found in
community dogs in Northern Thailand. Dogs might be an important reservoir for B. pahangi in that
region. The population dynamics of the mosquito vector of B. pahangi across altitudinal gradients
merits further study.

Abstract: Filariasis is emerging as a public health concern in tropical and subtropical areas. Filariasis
is an endemic problem commonly found in southeast Asian countries. Using the PCR-restriction
fragment length polymorphism (PCR-RFLP) of the ITS1 region with Vsp I, the overall prevalence
rates of Dirofilaria immitis (12.2% (41/337); 95% confidence interval: 9.1–16.1%) and Brugia pahangi
(8.3% (28/337); 95% confidence interval: 5.8–11.8%) were determined based on 337 free-roaming
community dogs from 20 districts in Northern Thailand. Microfilaremia was found in only 6.2%
of dogs (21/337). Co-infection with D. immitis and B. pahangi was observed in two dogs. Of the
215 blood samples examined using a Canine Heartworm Ag Kit, only 3.72% (eight dogs) were
D. immitis antigen positive. Among these eight, six dogs had occult D. immitis infections. In terms of
geographic distribution, we found the abundance of D. immitis and B. pahangi in the central areas
at altitudes less than 400 m to be 12.1% and 10.3%, respectively. In contrast, at higher altitudes
between 400 and 800 m, a significantly higher number of B. pahangi compared with D. immitis infected
individuals were observed at 14.29% and 4.1%, respectively. In conclusion, D. immitis and B. pahangi
were the most common filarial infections found in community dogs in Northern Thailand. Dogs
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might be an important reservoir of B. pahangi in that region. Increasing awareness and concern
and including proper deworming programs for community dogs should be endorsed to reduce the
transmission risk. Additionally, the population dynamics of the mosquito vector of B. pahangi across
altitudinal gradients deserved further investigation.

Keywords: Brugia pahangi; Dirofilaria immitis; PCR-RFLP; community dogs; spatial distribution;
altitude

1. Introduction

Filarial nematode infection is an important vector-borne disease in tropical countries.
According to the World Health Organization (WHO) roadmap (WHO 2020), the goal of
eliminating filariasis is expected to be achieved by 2030. Filarial infections are currently
common in companion animals worldwide [1]. Specifically, in Southeast Asia, lymphatic
filariasis caused by Brugia malayi (Brugian or Malayan filariasis), Wuchereria bancrofti (ban-
croftian filariasis) and Brugia timori is considered a significant human health problem.
Filariasis in dogs is caused by various species, e.g., Dirofilaria spp., Acanthocheilonema spp.,
and Brugia spp. [2–4]. Typically, the life cycle of the filarial worm requires a bloodsucking
insect such as mosquitoes as a transmission vector, known as an intermediate host. The
ingested microfilariae (L1) from the dog develop into the infective stage larvae (L3) in the
vector. However, the worm has a species–specific target organ within the final host [5].

Canine heartworm disease, D. immitis infection, is one of the serious types of filariasis
observed in veterinary practice. Adult worms commonly live in pulmonary arteries and
congestive heart failure can occur in severe cases. Dirofilaria repens and Acanthocheilonema
reconditum are other [6] filarial worms usually located in subcutaneous tissues or subcon-
junctival areas. Brugia spp., such as Brugia pahangi and Brugia malayi, are known to cause
lymphatic filariasis (LF), whereas B. malayi causes a serious lymphatic obstruction in hu-
mans. Whether B. pahangi is a causative agent of human disease in the natural environment
is not yet known [7]. However, microfilaria in the blood, as well as signs and symptoms of
LF, were detected in experimentally infected human volunteers [8]. A clinical description
of lymphatic filariasis caused by natural infection with B. pahangi in Malaysia was recently
published [9]. Dogs and cats are reservoir hosts of B. malayi, but they are the essential hosts
of B. pahangi [10].

Currently, several methods are employed to diagnose filarial infections. The basic
conventional technique generally uses microscopic examination to detect microfilariae.
The microhematocrit centrifugation technique, or Woo’s test, is easy to perform, quick,
and inexpensive [11,12], but it cannot identify the species of the parasites. An alternative
approach for the identification of filarial worms is DNA technology. Polymerase chain
reaction-restriction fragment length polymorphism (PCR-RFLP) analysis is a molecular
technique that involves cutting the specific target of the PCR product with a restriction
endonuclease. According to Nuchprayoon et al. [13], differentiation of a wide variety
of species of filarial worms was accomplished using PCR-RFLP analysis of the internal
transcribed spacer 1 (ITS1). Rishniw et al. [3] reported that using the pan-filarial primers
DIDR-F1 and DIDR-R1 in a single PCR test could discriminate among six discordant
microfilaria species, including D. immitis, D. repens, A. reconditum, B. malayi, and B. pahangi.
The species–specific (for D. immitis) PCR-targeting cytochrome c oxidase subunit 1 (cox1)
gene has been used to confirm D. immitis infection.

In tropical countries, including Thailand, the endemic areas for D. immitis, B. malayi,
and B. pahangi have been reported, including different species of filarial infection [14,15].
D. immitis infection was found throughout Thailand and has a higher prevalence in stray
dogs than in pet dogs [16]. Brugia spp. infection was reported to be found mostly in
the southern part of Thailand [17,18]. In the Chiang Mai province in Northern Thailand,
canine filariasis showed a prevalence of 18.2% in 2008; however, this study lacked reliable

142



Animals 2021, 11, 33

filarial species identification [19]. In addition, Brugia infection in dogs has never been
confirmed in Northern Thailand. The WHO recommended using a mapping method for
delimiting areas requiring mass drug treatment to save resources [20]; however, to date, no
spatial clustering of vector-borne diseases of dogs has been detected in this region. The
present study was aimed at updating the occurrence of filarial infection in free-roaming
community dogs in the province of Chiang Mai, confirming filarial species using molecular
techniques and documenting the geographic distribution of D. immitis and B. pahangi using
spatial mapping in an effort to augment disease control efforts in animals and humans,
thus reducing public health concerns.

2. Materials and Methods
2.1. Study Area, Sample Collection, and Ethical Concerns

The study area was in the province of Chiang Mai in the upper northern region of
Thailand, which is considered the province with the highest dog population density in
the nation (278,943 dogs in Chiang Mai of 645,368 total dogs in the region, Bureau of
Disease Control and Veterinary Services 2016). The study area was divided into three zones
(northern, central, and southern; Figure 1A), encompassing 146 community temples as well
as households distributed over 20 of 25 districts and 72 subdistricts to include a wide range
of geographical features from north to south of Chiang Mai. The 20 districts included six
districts in the northern part of the province (Chiang Dao, Chai Prakan, Fang, Mae Rim,
Mae Taeng, and Phrao), 10 districts in the central part (Doi Saket, Hang Dong, Mae On, Mae
Wang, Mueang Chiang Mai, Samoeng, San Kamphaeng, San Pa Tong, San Sai, and Saraphi),
and four districts in the southern part (Chom Thong, Doi Lo, Doi Tao, and Hot). GPS
location was determined (Map Plus TM version 2.4, mobile application) for each sampling
site, including coordinates (latitude and longitude) and altitude (meters). Samples were
collected from June to December 2019. According to a government announcement (Thai
Meteorological Department 2018), this sampling period could be defined as spanning the
rainy (June to October) and cold seasons (November to February).
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A total of 337 blood samples were collected from the community dogs (the dogs
owned by specific owners, able to be free ranging in the community, and taken care of
by people in the communities), including 168 males and 169 females. Inclusion criteria
included age >7 months and having not received heartworm prevention medication. From
each dog, 2 mL of blood was collected from either the cephalic or saphenous vein which
was kept in EDTA tubes. The first 0.5 mL of blood was used for Woo’s examination for the
presence of microfilaria. The remaining 1.5 mL was kept in a freezer at −20 ◦C for further
molecular analysis.

All dog owners (temple master or dog keepers) signed an informed consent form,
and the treatment of the animals was approved by the Animal Care and Use Committee,
Faculty of Veterinary Medicine, Chiang Mai University (R15/2562) on 12 June 2019.

2.2. Laboratory Examination
2.2.1. Detection of Circulating Microfilaria and D. immitis Antigens

The whole blood samples were examined for total circulating microfilariae using the
microhematocrit centrifugation technique (Woo’s technique) [11]. In addition, the packed
cell volume (PCV) was also measured as a percent. Measurement of the severity of anemia
in this study followed the guidelines for classification of severity of anemia from the World
Small Animal Veterinary Association (WSAVA) 2005 [21]. A total of 215 whole blood
samples were randomly selected for additional study to detect the adult female D. immitis
antigen using a Thinka Canine Heartworm Ag Test kit (Thinka CHW, Arkray, Kyoto, Japan)
following the manufacturer’s instructions. For quality control, the blood samples were
examined within 48 h after blood collection.

2.2.2. Molecular Techniques and Sequencing

Genomic DNA (gDNA) was extracted from 200 µL anticoagulated blood samples. A
commercial DNA extraction kit (Nucleospin® Blood, Macherey-Nagel, Duren, Germany)
was used following the manufacturer’s instructions.

Various diagnostic tools have been developed for the precise diagnosis of filaria
infection. PCR-RFLP—which is based on a diagnostic method previously designed by
Nuchprayoon et al. [13] and targets the ITS1 region (primer: ITS1-F and ITS1-R; Table 1)—
was conducted. PCR amplification reactions were performed in a 20 µL reaction volume
containing 100 ng gDNA (3–5 µL), 0.2 µM of each primer (0.4 µL of 10 µM), and 10 µL of
2 × Quick Taq® HS DyeMix (TOYOBO, Osaka, Japan). PCR products were analyzed on
a 1.5% agarose gel electrophoresis. The positive ITS1 PCR products were then digested
with five units of Vsp I (SibEnzyme, Novosibirsk, Russia) as a restriction endonuclease,
according to the manufacturer’s protocol. One unit of Vsp I was used to digest 1 µg of
the ITS1 PCR product for 1 h at 37 ◦C in a total reaction volume of 50 µL. DNA fragment
analysis was conducted by 1.5% agarose gel electrophoresis, stained with RedSafe™ nucleic
acid staining solution (iNtRON Biotechnology, Gyeonggi-do, Korea), and visualized using
a GelMax™ Imager (Ultra-Violet Products, Cambridge, UK).

Two other PCR techniques were used to confirm the presence of filarial DNA in the
suspicious samples, including PCR of pan-filarial primers (DIDR-F1 and DIDR-R1) to
discriminate between A. reconditum and Amphiachyris dracunculoides, and primers specific
for D. immitis (DI COI-F1 and DI COI-R1) to confirm D. immitis DNA in suspected occult
infections. The PCR procedure was performed following previously published methods [3]
and using the same reagent previously described for the PCR of ITS1. Distilled water (DW)
as a negative control and the gDNA of D. immitis, B. pahangi, and B. malayi as positive
controls were included in the analysis.

Species confirmation in the 10 previous D. immitis- and B. pahangi-positive samples
was achieved by DNA sequencing of the 5.8s-ITS2-28S amplicons using pan-filarial primers
given the clear and distinctive amplicon. The PCR product (50 µL) was purified using a
NucleoSpin® PCR Clean-up Kit (Macherey-Nagel GmbH, Duren, Germany) and submitted
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for direct fluorescent dye-terminator sequencing in the sense and antisense directions by
BioBasic Inc. (The Elitist, Singapore).

Table 1. Primer pairs used for PCR amplification.

Gene Target Primer Pairs Primer Sequence (5′-3′) Filarial Species Product Size (bp)

ITS1 ITS1-F
ITS1-R

GGT GAA CCT GCG GAA GGA TC
GAG TTA CGC AGA CGT TAA GCG

W. bancrofti 482
B. malayi 504

B. pahangi 510
D. immitis 595
D. repens 602

5.8S-ITS2-28S DIDR-F1
DIDR-R1

AGT GCG AAT TGC AGA CGC ATT GAG
AGC GGG TAA TCA CGA CTG AGT TGA

D. immitis 542
A. reconditum 578

D. repens 484
A. dracunculoides 584

B. pahangi 664
B. malayi 615

COI DI COI -F1
DI COI-R1

AGT GTA GAG GGT CAG CCT GAG TTA
ACA GGC ACT GAC AAT ACC AAT D. immitis 203

2.3. Data and Statistical Analysis
2.3.1. Determination of the Presence and Prevalence of Filariasis

Diagnostic steps for identification and determination of the prevalence of filariasis are
presented in Figure 2. The determination of the presence of filariasis was based on three
diagnostic techniques: (1) D. immitis infection when positive with CHW Ag kit and/or
D. immitis-DNA-positive with any molecular technique; (2) occult D. immitis infection
when positive with CHW Ag kit but negative with any PCR; (3) B. pahangi infection when
B. pahangi-DNA-positive with any molecular technique. Descriptive statistics summarizing
the prevalence of filarial worm infection are presented as a percentage of each species.
Differences in prevalence between groups or categories were analyzed using proportion
tests. All statistical analyses were performed using R software [22] and p-values < 0.05
were considered statistically significant.
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2.3.2. Sequencing and Phylogenetic Analyses

The obtained sequences were compared with the previously deposited ones in Gen-
Bank using the BLASTn program [23] for specific diagnosis. Seven successful 5.8S-ITS2
nucleotide sequences originating from two D. immitis isolates (Di CM329 and CM331)
and five isolates of B. pahangi (Bp-CM22, CM188, CM189, CM328, and CM337) (Table S1)
were used to analyze the phylogenetic relationship among the regions. In addition, the
available sequences of D. immitis and B. pahangi from other countries (Brazil, Bulgaria,
China, India, Iran, Lithuania, Portugal, Taiwan, Thailand, Turkey, Tunisia, and the U.S.;
Table S1) were compared with the sequences obtained in this study for the construction of
a phylogenetic tree. The sequences of B. malayi, Onchocerca volvulus, A. reconditum (previ-
ously Dipetalonema reconditum) and D. repens (GenBank accession: EU373624, EU272179,
AF217801, and MK942385, respectively), and the sequence of Setaria digitata (EF196091) as
the outgroup were included for evolution analysis. All sequences obtained in this study
were submitted to the DDBJ/EMBL/GenBank database (Table S1).

Evolutionary analyses were conducted using MEGA X [24]. Multiple sequences were
aligned using ClustalW and a phylogenetic tree using a maximum likelihood (ML) method
based on the Tamura–Nei model [25]. The Neighbor-Join and BioNJ algorithms were
applied to a matrix of pairwise distances estimated using the Tamura-Nei model, and
then the topology was selected with superior log likelihood value. A consensus tree was
obtained after bootstrap analysis of 100 replications. The tree is drawn to scale, with
branch lengths indicating the number of substitutions per site. Thirty nucleotide sequences
were included in this analysis. Codon positions included were first, second, third, and
noncoding.

2.3.3. Geographical Information System Mapping and Distribution by Altitude

Geographical Information System (GIS) locations (latitude, longitude, and altitude)
from a mobile phone application were input to a computer. The digital elevation model
(DEM) was obtained from the NASA Earth data website and used to create a raster image
and to convert the model into contour lines representing altitude in the GIS application
(QGIS software version 3.6, GNU General Public License). The altitudes of the infected
sites were measured using a GPS. Altitudes of the positive prevalence spots were divided
into three classes modified from those used by Devi and Jauhari [26]: below 400, 400–800,
and over 800 m. A proportional test was used to determine differences in prevalence of
B. pahangi and D. immitis among altitude classes using R software [22] and p-values < 0.05
were considered statistically significant. Geographic distribution by altitude was gener-
ated from geographic information systems and GPS tracking data using QGIS software
version 3.6. Notably, NASA Earth data indicates that all NASA data are available without
restrictions.

2.3.4. Geographic Spatial Cluster Analysis

Spatial cluster analyses of the positive D. immitis and B. pahangi cases were attained
using a Bernoulli model and SaTScan™ v9.6 software [27]. Generally, this model requires
data from cases and controls. The definition of a case was a positive filarial nematode using
any of the three diagnostic techniques (Figure 2), and a negative individual was the control.
In the study area, 50% of the total population was set up in the spatial scanning window.
The Monte Carlo hypothesis testing technique (number of replications = 999) was used
to determine the statistical significance of the cluster. The primary clusters of D. immitis
and B. pahangi were classified based on the highest log-likelihood ratio (LLR), in which the
likelihood function of the Bernoulli model is:

( c
n

)c
(

n− c
c

)n−c( C− c
N − n

)C−c( (N − n)− (C− c)
N − n

)(N−n)−(C−c)
I(), (1)

where C is the total number of cases, N is the combined total number of cases, the control
c is the observed number of cases within the window, n is the total number of cases and
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controls within the window, and I() is the indicator of function I. As the analysis was only
focused on detecting clusters with higher than expected rates, I() was set to 1 [27]. The
illustrated spatial cluster of each species combined with the altitude and the geographic
functional land use was generated by QGIS software version 3.6.

3. Results
3.1. Prevalence of Filariasis Using a Combination of Conventional and Molecular Techniques

Various diagnostic techniques were employed to identify filarial species infection and
molecular techniques were applied to identify the species of filarial nematodes. Of the
total of 337 blood samples, microfilaria was detected in only 21 dogs (6.23%) using Woo’s
method and most of those were from the central zone (Table 2). Of the 215 blood samples
examined using a CHW Ag kit, only eight dogs (3.72%) were D. immitis antigen positive
(Figure 2). Only three CHW Ag-positive dogs had microfilaremia, of which molecular
techniques could discriminate one positive with D. immitis and two positives with B.
pahangi. The overall prevalence of D. immitis infection was 12.17% (41/337 dogs), higher
than the prevalence of 8.31% for B. pahangi (28/337 dogs). However, the difference in
infection rate between the two species was not significant (p > 0.05). The distributions of D.
immitis and B. pahangi infection in the three zones of Chiang Mai province are shown in
Table 2, Table S2, and Figure 1B. The observed D. immitis and B. pahangi infection incidence
was highest in the central zone at 22.96% (31/135), followed by the south zone at 22.45%
(22/98). However, the prevalence rates of D. immitis and B. pahangi infection among the
three zones were not significantly different (p > 0.05). Two dogs in the central zone had
dual infections with D. immitis and B. pahangi. No adult D. immitis antigens were detected
in the two D. immitis DNA-positive samples. Finally, an important proportion of occult
heartworm infections (6/8; 75%) was distinguished (Figure 2).

Table 2. Prevalence of microfilariae and filarial nematode species in the community dogs among three zones of Chiang Mai,
Thailand.

Zone No. of Examined

Microfilariae
(Woo’s Method)

Filarial DNA
(Molecular Techniques)

% Positive
(no.)

B. pahangi
Infection

(n1)

D. immitis
Infection

(n2)

Dual Infection
(n3)

Total
(n1 + n2 − n3)

North 104 2.88 (3) a, b 3.85 (4) 9.62 (10) 0 13.46 (14)
Central 135 11.11 (15) b 10.37 (14) 14.07 (19) 2 22.96 (31)
South 98 3.06 (3) a 10.20 (10) 12.24 (12) 0 22.45 (22)
Total 337 6.23 (21) 8.31 (28) 12.17 (41) 2 19.88 (67)

a, b values in the same column with different superscripts are statistically different (p < 0.05); n1, n2, n3 are the number of positive cases.

The range of the percent PCV (%PCV) of dogs with positive microfilariae was 15–46%,
with a mean ± SD of 32.48 ± 8.38 and a mode of 31%. Fourteen dogs with positive
microfilariae (71.43%; 15/21) had a %PCV lower than 37%, which is considered anemic.
Anemic status was categorized as mild (30–37% PCV; 9/21, 42.86%), moderate (20–29%
PCV; 4/21, 19.05%), and severe (13–19% PCV; 2/21, 9.52%). No icteric plasma was observed
in any of the samples.

3.2. Phylogenetic Relationship of D. immitis and B. pahangi

The nucleotide sequences of the partial 5.8S rRNA and ITS2 region contained ap-
proximately 300–350 bp that allowed the filarial nematodes to be classified as D. immi-
tis or B. pahangi. The nucleotide sequences of five isolates of B. pahangi were identical
and grouped in a haplotype that showed 100% identity with B. pahangi (AY988600; [3])
and 95.67% with isolates from cats from the Narathiwat province in Southern Thailand
(EU373655; [28]). However, two nucleotide sequences of D. immitis had some nucleotide
differences, which showed 95–100% identity with the D. immitis references (Table S1). The
nucleotide sequences of D. immitis and B. pahangi in this study were deposited in the
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DDBJ/EMBL/GenBank database, including D. immitis (accession No. LC554219-554220)
and B. pahangi (accession No. LC554214-554218 (Table S1)).

A comparative genomic analysis of D. immitis and B. pahangi was performed to
investigate the phylogenetic relationship among the different geographic regions (Figure 3).
The phylogenetic tree based on the partial 5.8S and ITS2 sequence showed that all isolated
samples from D. immitis clustered together in one group and were similar to D. immitis
from China (EU182331), Brazil (KX932106), Iran (JX889636), Bulgaria (MN596213), and
Turkey (KF273906 and HM126606). Five isolates from B. pahangi were clustered together in
the same clade with B. pahangi published by Rishniw et al. [3], in which the worm was from
an unknown region. Comparison of nucleotide sequences with other species of filarial
nematode found D. immitis and B. pahangi could be distinguished from B. malayi, D. repens,
O. volvulus, and A. reconditum (Dipetalonema reconditum in Figure 3).

Animals 2021, 11, x 9 of 17 
 

 

Figure 3. Evolutionary analysis of D. immitis and B. pahangi 5.8S-ITS2 region. A phylogenetic tree based on the 5.8S-ITS2 

region of D. immitis (Di) and B. pahangi (Bp) from Thailand and other countries was inferred using the maximum likeli-

hood method and the Tamura–Nei model. The tree with the highest log likelihood (−2536.04) is shown. The percentage 

of trees in which the associated taxa clustered together is shown next to the branches. There was a total of 344 positions in 

the final dataset. Sequences in the red outline boxes originated from the present study. 

 

Figure 3. Evolutionary analysis of D. immitis and B. pahangi 5.8S-ITS2 region. A phylogenetic tree based on the 5.8S-ITS2
region of D. immitis (Di) and B. pahangi (Bp) from Thailand and other countries was inferred using the maximum likelihood
method and the Tamura–Nei model. The tree with the highest log likelihood (−2536.04) is shown. The percentage of trees
in which the associated taxa clustered together is shown next to the branches. There was a total of 344 positions in the final
dataset. Sequences in the red outline boxes originated from the present study.
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3.3. Geographical Distribution of Filarial Infection
3.3.1. Altitudinal Distribution of Filarial Infection

There was no difference in the filarial positivity of either B. pahangi or D. immitis among
the different altitude classes (Table 3). The range of B. pahangi infection was 4.08–10.27%,
with the highest occurrence observed in the low areas <400 m altitude (10.27%; 23 cases).
The range of D. immitis infection was 12.05–14.29%, with the highest occurrence observed
at 400–800 m (14.29%; 14 cases). The prevalence of D. immitis was significantly higher than
B. pahangi in the middle altitude class of 400–800 m, at 14.29% and 4.08%, respectively
(p < 0.05; Table 3). The altitudinal distribution of filarial positive cases is illustrated on a
GIS map of Chiang Mai, Thailand (Figures 4C and 5C).

Table 3. The altitudinal distribution and prevalence of canine filariasis in Chiang Mai, Thailand.

Level Altitude
Level (m.)

No. of
Examined

B. pahangi
Infection (n)

D. immitis
Infection (n)

Total Canine
Filariasis (n)

1 <400 224 10.27% (23) 12.05% (27) 21.43% (48)
2 400–800 98 4.08% (4) a 14.29% (14) b 18.37% (18)
3 >800 15 6.67% (1) 0 6.67% (1)

Total 337 8.31% (28) 12.17% (41) 19.88% (67)
a, b Values in the same column with different superscripts are statistically different (p < 0.05).
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Figure 4. Geographic spatial clusters of B. pahangi infection obtained using the Bernoulli scan statistic model. (A). The
distribution of four clusters of B. pahangi infection; (B). the distribution of B. pahangi cases in each cluster; (C). the altitudinal
distribution of B. pahangi cases in each cluster; (D). the distribution of B. pahangi cases in the most likely cluster.
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Figure 5. Geographic spatial clusters of D. immitis infection obtained using the Bernoulli scan statistic model. (A). the
distribution of four clusters of D. immitis infection; (B). the distribution of D. immitis cases in each cluster; (C). the altitudinal
distribution of D. immitis cases in each cluster; (D). the distribution of D. immitis cases in the most likely cluster.

3.3.2. Spatial Cluster Distribution of Filarial Infection

The canine filariasis spatial clusters were analyzed using the Bernoulli special scan-
ning statistic method.Tthe relative risk (RR) and size of each cluster are outlined in Table 4.
Four and two spatial clusters were identified for B. pahangi and D. immitis, respectively.
Regarding B. pahangi distribution, a significant cluster (cluster Bp-1; p < 0.001) was iden-
tified with RR at 6.69 and a clustering radius of 10.55 km. This most likely cluster was
distributed in three districts: Hang Dong, Mae Rim, and Mueang. The primary cluster of B.
pahangi infection was found to occur in various altitudinal areas (0 to >800 m Figure 4C,D).
Replacement of forests by agricultural activities and irrigated crops occurred in scattered
locations in this cluster area. However, no significant spatial patterns were identified for
D. immitis infection (Table 4), although the number of cases observed was higher than with
B. pahangi. The most likely cluster of D. immitis infection (Di-1) was located in the Fang
district (18.737609◦ N, 98.931619◦ E) where the clustering radius was 9.32 km, and the RR
was 4.03. Sites of positive identification of D. immitis in this cluster were distributed in the
low areas at altitudes of 400 to 800 m (Figure 5C,D) and were found mainly in areas with
irrigated agricultural crops.

150



A
ni

m
al

s
20

21
,1

1,
33

Ta
bl

e
4.

G
eo

gr
ap

hi
c

sp
at

ia
lc

lu
st

er
s

ob
ta

in
ed

by
Be

rn
ou

lli
sc

an
st

at
is

ti
c

m
od

el
on

ca
ni

ne
fil

ar
ia

si
s

in
C

hi
an

g
M

ai
,T

ha
ila

nd
.

C
lu

st
er

N
um

be
r

C
lu

st
er

Ty
pe

C
en

tr
oi

d
(X

,Y
)/

R
ad

iu
s

(k
m

)
C

as
es

Ex
pe

ct
ed

C
as

es
O

bs
er

ve
d

to
Ex

pe
ct

ed
C

as
es

R
R

a
LL

R
b

p-
V

al
ue

D
is

tr
ic

ts

B.
pa

ha
ng

ii
nf

ec
ti

on

Bp
-1

M
os

tl
ik

el
y

18
.8

15
70

6
N

,9
8.

88
30

35
E/

10
.5

5
8

1.
58

5.
07

6.
69

8.
84

8
0.

01
0

H
an

g
D

on
g,

M
ae

R
im

,M
ue

an
g,

Sa
m

oe
ng

Bp
-2

Se
co

nd
ar

y
18

.6
60

24
1

N
,9

8.
88

97
64

E/
2.

91
2

0.
17

12
.0

4
12

.8
8

5.
04

3
0.

43
9

H
an

g
D

on
g,

Sa
n

Pa
To

ng

Bp
-3

Se
co

nd
ar

y
17

.9
24

86
9

N
,9

8.
70

41
68

E/
11

.4
2

5
1.

41
3.

54
4.

09
3.

45
7

0.
75

4
D

oi
Ta

o

Bp
-4

Se
co

nd
ar

y
19

.1
08

10
8

N
,9

8.
82

41
82

E/
0

2
0.

25
8.

02
8.

56
3.

21
4

0.
88

3
M

ae
Ta

en
g

D
.i

m
m

iti
s

in
fe

ct
io

n

D
i-

1
M

os
tl

ik
el

y
18

.7
37

60
9

N
,9

8.
93

16
19

E/
9.

32
9

2.
68

3.
36

4.
03

6.
38

6
0.

14
3

Fa
ng

D
i-

2
Se

co
nd

ar
y

19
.9

22
64

8
N

,9
9.

20
87

06
E/

15
.0

1
6

1.
70

3.
52

3.
96

4.
39

2
0.

39
3

H
an

g
D

on
g,

M
ue

an
g,

Sa
ra

ph
i

a
R

R
=

re
la

ti
ve

ri
sk

,b
LL

R
=

lo
g

lik
el

ih
oo

d
ra

ti
o.

151



Animals 2021, 11, 33

4. Discussion

The current study updates our understanding of the situation of D. immitis infection
and proven B. pahangi infection in community dogs in Northern Thailand. B. malayi was
not found in Chiang Mai, although the province does have a large free-roaming dog
population.

Heartworm disease caused by D. immitis infection is widespread in tropical and
subtropical regions and is a primary life-threatening disease of dogs and cats worldwide.
The prevalence of D. immitis infection in dogs worldwide was 10.91% (95% CI = 10.18–11.65)
in 2020. The prevalence of D. immitis in dogs varies across countries and continents, e.g.,
22.68% in Australia, 12.07% in Asia, 11.60% in the Americas, 10.45% in Europe, and 7.57% in
Africa [1]. Over the past few decades, the regional prevalence of D. immitis infection in dogs
in Thailand has been reported as 10–58% in Bangkok [16,29–31], 23–25% in the southern
region [32], and 6–25% in the northern region [19,33–35]. In Chiang Mai, the prevalence
gradually decreased from 45.76% in 1987 to 24.71% in 1992, to 18.20% in 2008, and then to
12.17% in 2020. The reduction of dirofilariasis is possibly due to effective regular preventive
chemotherapy of dogs and to vector control by dog owners in collaboration with the active
support of District Administration Organizations, which should be extended to other high
prevalence districts such as Fang.

B. pahangi, a lymphatic filarial worm that infests mammals, is commonly found in
cats, dogs, and wild carnivores [36], and is closely related to B. malayi. Recently, five cases
of clinically typical LF caused by B. pahangi were reported in suburban areas in the city of
Kuala Lumpur, Malaysia [9]. Additionally, there was a report of a human subconjunctival
infection with B. pahangi in Malaysia, which was identified by cyclooxygenase-1 (COX-1)
PCR [37]. To the best of our knowledge, that study was the first to confirm B. pahangi
infection in an animal in Chiang Mai. Elsewhere in Thailand, the B. pahangi infection rate
range of 4–25% in dogs and cats in Bangkok has been reported [16,31,38]. In addition, in
Western and Southern Thailand, accidental zoonotic filariasis of B. pahangi infections in
children were reported, and Armigeres subalbatus was found to be a common mosquito in
the infected areas [39]. The recently discovered parasite B. pahangi exhibits novel aspects
and adaptations. For that reason, Brugia infections in humans in this region should be
closely monitored, especially the environment and geographical distribution in areas with
a high vector density and densely crowded human populations.

Natural infections of canine dirofilariasis enhance the risk of transmission to hu-
mans [40]. The relative risk of canine dirofilariasis has been found to be related to various
factors, e.g., outdoor living, lack of heartworm prevention, and infected vector expo-
sure [19,40]. The present study observed D. immitis cases in all altitude classes (0 to
>800 m), probably due to the broad range of mosquito species, which are potential trans-
mission vectors. Although Mansonia uniformis is an important natural mosquito vector of
D. immitis in Chiang Mai [33], Culex pipiens quinquefasciatus, Aedes albopictus, and Ae. aegypti
are additional vector species for D. immitis transmission. The majority of Aedes, Anopheles,
Armigeres, and Culex mosquitoes have been found at altitudes between 300 and 900 m [26].
Ae. albopictus is distributed in a wide range of elevations, between 300 and 1300 m, whereas
Cx. quinquefasciatus has been found at elevations of 500 m and above [26] and Mansonia
species are spread across different altitudes [41]. The number of Mansonia species is likely
to be higher in areas with floating aquatic plants.

B. pahangi is considered to be a new causative agent of urban Brugia filariasis in
Thailand [42]. Infective-stage larvae of B. pahangi microfilariae can develop in An. quadri-
maculatus and Ae. aegypti [43]. Development and transmission of B. pahangi microfilariae to
a vertebrate host can occur via natural vectors such as Ar. subalbatus [44,45]. Ar. subalbatus
has also been found to be a common mosquito in infected areas and is suspected of being
the main vector for zoonotic B. pahangi infection of children in Thailand [39]. Chaves
et al. [46] demonstrated that density of adult Ar. subalbatus decreases with altitude. Its
preferred range is 109–330 m, but it tends to increase in areas with abundant leaf litter
on the ground. However, other mosquitoes, including the genera Culex, Aedes, Mansonia,
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Anopheles, and Armigeres, are potential mosquito vectors of Brugia spp. [47] which might
explain the distribution of B. pahangi cases at all altitudes from 0 to >800 m. Climatic and
geographic conditions, as well as environmental factors and changes in land use, may
support the high prevalence of B. pahangi at low altitudes. The occurrence of more hotspots
of D. immitis and B. pahangi in suburban areas of Chiang Mai, such as the Fang and Mae Rim
districts (Figure 4), could be influenced by factors driving transmission such as urbaniza-
tion, rural–urban migration, and expansion of irrigated agricultural land, which is common
in this area and provides suitable humidity for mosquitoes to thrive. Spatial mapping of
the mosquito vector distribution and breeding habitats in canine filarial-infected areas on
finer scales should be conducted to complete our current understanding of transmission
dynamics and to help with the establishment of appropriate control strategies.

Although results of analyses of the correlation among diagnostic techniques for filari-
asis have so far been inconclusive [48,49], a combination of various diagnostic methods
remains crucial for precise canine filariasis mapping of the region. Although the sensitiv-
ity of microhematocrit centrifugation for microfilaria detection was reported to be only
30% [50], this concentration technique is commonly applied in clinical practice to screen
for microfilaria prior to confirmation using a heartworm antigen kit. We did not differen-
tiate the microfilaria species by microscopic examination because this is labor-intensive
and because of the difficulty in resolving the identification of species using blood smears.
However, molecular techniques such as PCR can successfully detect microfilaria from
blood samples. Additionally, PCR can confirm species identification using specific primers
or by sequencing, making it more precise than microscopic procedures, especially when
many filarial species and coinfection are involved. In the present study, two D. immitis
DNA-positive dogs did not present with adult D. immitis antigen in their blood. This may
be linked to the existence of an immune complex that blocks the antigen detection process
or to the low antigen secretion by adult worms [51]. However, one occult infection was
apparently observed in the current study. This detection problem might be due to many
factors, including detection in dogs with prepatent infection, immature female worms,
unisexual worm infection, drug-induced sterility of adult heartworms, senile infertility of
female worms, host immune responses, and treatment with macrocyclic lactones [6,52,53].

This study has some limitations. First, although we covered a wide range of geo-
graphical features in Northern Thailand, the results should be interpreted with caution
as they cannot be generalized to all endemic settings. More variations in geographical
characteristics should be included in future studies. Second, as sampling was conducted
mainly among free-roaming dogs in the studied communities, information about the dogs,
e.g., housing, routine drugs, and vaccination, was limited; thus, an analysis of risk factors
associated with the risk of B. pahangi could not be determined in this study. Last, the
sampling strategy in this study was from an unknown prevalence; thus, it may pose a
challenge, especially for B. pahangi, possibly contributing to an underestimation of number
of samplings. However, for a follow-up study, the prevalence obtained from this study
might be used and modified for a sample size determination.

5. Conclusions

In this study, we covered the detection and confirmation of species of canine filarial
infection in free-roaming community dogs found in Chiang Mai, Northern Thailand, using
a combination of diagnostic methods. The infection rates of B. pahangi were found to be
comparable to those of D. immitis. Both types of filarial nematodes had a high prevalence
in the low altitude suburban agricultural areas. The residents of the region should be made
aware that lymphatic filariasis is caused by B. pahangi. For practicing veterinarians, filarial
species identification is necessary for determination of the proper heartworm treatment
as well as for public health efforts related to zoonotic transmission. Spatial distribution of
filariasis in consecutive areas as well as mosquito vector distribution and breeding habitats
of D. immitis and B. pahangi in infected areas should be determined at finer scales to identify
and implement appropriate control strategies.
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Simple Summary: In horses, tapeworm infection is associated with specific forms of colic (abdominal
pain) that can be life-threatening without surgical treatment. There is growing evidence that intestinal
parasites interact with the gut bacteria, and the consequences of these interactions may influence
the ability of the host to resist infection and parasite-associated disease. We aimed to compare the
intestinal bacteria and the gases produced by metabolic processes in the gut between horses that
had varying levels of tapeworms and those with no tapeworm present. Overall, the diversity of
gut bacteria was similar in horses with and without tapeworms. There were some decreases in
beneficial bacteria in horses with tapeworms, indicating a possible negative consequence of infection.
Intestinal gases correlated with some bacteria indicating their functionality and use as potential
markers of active bacteria. Our study validates further research investigating tapeworm and gut
bacteria interactions in the horse.

Abstract: Anoplocephala perfoliata is a common equine tapeworm associated with an increased risk
of colic (abdominal pain) in horses. Identification of parasite and intestinal microbiota interactions
have consequences for understanding the mechanisms behind parasite-associated colic and potential
new methods for parasite control. A. perfoliata was diagnosed by counting of worms in the caecum
post-mortem. Bacterial DNA was extracted from colonic contents and sequenced targeting of the
16S rRNA gene (V4 region). The volatile organic compound (VOC) metabolome of colonic contents
was characterised using gas chromatography mass spectrometry. Bacterial diversity (alpha and beta)
was similar between tapeworm infected and non-infected controls. Some compositional differences
were apparent with down-regulation of operational taxonomic units (OTUs) belonging to the sym-
biotic families of Ruminococcaceae and Lachnospiraceae in the tapeworm-infected group. Overall
tapeworm burden accounted for 7–8% of variation in the VOC profile (permutational multivariate
analysis of variance). Integration of bacterial OTUs and VOCs demonstrated moderate to strong
correlations indicating the potential of VOCs as markers for bacterial OTUs in equine colonic con-
tents. This study has shown potential differences in the intestinal microbiome and metabolome of
A. perfoliata infected and non-infected horses. This pilot study did not control for extrinsic factors
including diet, disease history and stage of infection.

Keywords: anoplocephala perfoliata; equine; gut microbiome; volatile organic compounds (VOCs);
omics integration

1. Introduction

The gastrointestinal tapeworm Anoplocephala perfoliata is a common inhabitant of the
equine gut [1,2]. High levels of A. perfoliata infection are known to be risk factors for spe-
cific forms of colic (abdominal pain) in the horse including spasmodic colic, ileal impaction,
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caecal intussusception and caecal rupture [3–7] and some of these forms of colic may be
fatal without surgical treatment. The exact mechanisms by which tapeworm-associated
colic develops are not known; such knowledge would enhance our understanding of the
pathophysiology of these and other forms of colic. Currently licenced anti-cestode drugs
(pyrantel and praziquantel) appear effective at reducing burdens of A. perfoliata. However,
anthelmintic resistance is a growing concern regarding the effective control of other equine
parasites, such as strongyles and Parascaris equorum and may limit our ability to treat tape-
worm infection in the future [8,9]. This is a particular concern given the small number of
drug classes that are available to treat cestode burdens in horses [9,10]. This places greater
emphasis on the need to better detect the presence of tapeworms and target treatments
accordingly. Current diagnosis of tapeworm infection in live horses is based on serological
or saliva antibody assays [11,12]. Studies have shown the antibodies may remain raised
long-beyond clearance of infection, making them inaccurate for determining real-time
infection [11,13,14]. Alternatively a faecal egg count (FEC) can be conducted, but this has
only 61% sensitivity [15].

The horse is a hindgut fermenter and relies on volatile fatty acids (VFAs) produced
by the microbiota to provide a large proportion of daily energy requirements [16,17].
Murine studies have shown evidence of the role of the commensal intestinal microbiota
in the establishment and maintenance of parasites within the gut and this interaction has
potential implications for host immunity [18–20]. Correlations between helminths and
the faecal microbiota in live horses have been investigated using strongyle FEC as an
indicator of infection [21–23]. In ponies predicted to be resistant or susceptible to strongyle
infection, modest differences in microbiome composition were observed post-exposure to
natural infection [21]. Another study demonstrated significant clustering in the microbial
composition associated with FEC rather than anthelmintic treatment, but there were no
differences in faecal bacterial diversity between horses with high and low FECs [22].
Both studies reported an increase in members of the phylum Proteobacteria in horses
with high FECs. Three studies in horses have shown a shift in microbial composition
following anthelmintic treatment, irrespective of whether FECs were high or low [23–25].
Differences in microbial composition following treatment may also be more evident in
young animals [23,24]. These results indicate a possible effect of anthelmintic medication,
or clearance of strongyles (even at low levels) from the gastrointestinal tract, on the faecal
microbiome in some populations of horses. Collectively, these initial studies imply that
intestinal helminth-microbiota interactions occur in the horse and warrant further study in
other equine species of parasite, including cestodes. The relationship of A. perfoliata with the
gut microbiome and metabolome (functional microbiome) of the horse has not previously
been investigated. Volatile organic compounds (referred to as the VOC metabolome) may
be generated by physiological processes from the host or the microbiota [26,27]. In the
horse, VOC patterns appear to mirror the faecal microbiota [28]. Studies incorporating both
microbiome and metabolome interactions with parasites are important in understanding
the functional effect parasites have on the gut microbiota and intercommunications within
the host [20]. The knowledge of such interactions may have beneficial consequences for
equine health through alternatives to parasite control [29].

We hypothesised that the colonic microbiome and VOC metabolome would differ
between A. perfoliata-positive and -negative horses. To enable accurate classification of
tapeworm-positive and -negative horses, we collected samples post-mortem from abattoir
material (gold-standard diagnosis of A. perfoliata). Collection of abattoir material enabled
colonic contents to be taken for microbiome and metabolome analysis rather than using a
faecal proxy. Faeces has been shown to be representative of the distal regions of the hindgut
but is less representative of more proximal regions [30,31]. The aims of this study were to
compare the microbiome and VOC metabolome of the distal colonic contents of A. perfoliata
infected and non-infected horses and those with high and low strongyle FECs, to rule this
out as a confounding factor. We also aimed to investigate correlations between 16S rRNA
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sequence data and VOCs to infer active species and functionality of the microbiome that
may be associated with tapeworm infection.

2. Materials and Methods
2.1. Sample Collection

Samples were collected from 51 horses slaughtered for non-experimental purposes at
an abattoir in the South of the UK in November 2015. A power calculation for this pilot
study was not performed as, to the authors’ knowledge, this was the first study to compare
the gut microbiome of tapeworm infected and non-infected horses. However, studies
investigating strongyle species and microbiome interactions sampled similar numbers of
horses to those used here [21,22,24]. Metadata including previous diet, breed, anthelmintic
treatment and medications history were not available to be recorded. Specific horse age was
also not available, but no pre-weaned foals were included. Post-mortem (immediately after
slaughter and removal of the viscera—within 15 min) the caecum was opened to expose
the caecal mucosa and visual assessment was used to estimate numbers of A. perfoliata
present (gold standard). Samples were categorised as low (1–20 tapeworms, n = 7), medium
(21–49, n = 5), high (≥50, n = 5), tapeworm positive but numbers unrecorded (n = 4) and
tapeworm negative (n = 30). The low threshold was chosen based on evidence that small
numbers of tapeworms (1–20 worms) cause little intestinal pathology [32]. The thresholds
set for the medium and high categories were arbitrary; they were chosen to demonstrate
patterns with increased worm burden as there is a positive correlation between infection
intensity and the risk of tapeworm associated colic [4]. For microbiome and metabolome
analysis luminal contents (~25 mL) were collected from the large colon (pelvic flexure) for
consistency in sampling. The regions of the hindgut where the tapeworms were located
(caecum) were empty in many horses, possibly because of withholding of feed prior to
slaughter. Colonic contents were transferred on dry ice to the laboratory and stored at
−80 ◦C. Samples of rectal contents (~10 g) were also collected into universal containers
and transported in a cool box and stored at 4 ◦C upon reaching the laboratory. Strongyle
and ascarid worm faecal egg counts (FEC) (recorded in Table S1) were performed on rectal
contents using a centrifugal floatation technique with a detection limit of one egg per gram
(e.p.g.) within 10 days of collection [33]. Frozen colonic contents (~5 g) were freeze-dried
for 48 h (Edwards High Vacuum, West Sussex, UK). Two aliquots of freeze-dried colonic-
contents were created, one for VOC profiling (100 mg in a glass headspace vial) and one
for DNA extraction (100 mg). For DNA extraction two glass beads (4 mm, undrilled, Fisher
Scientific, Loughborough, UK) were added before the vials were placed in a frozen rack
(−80 ◦C) and bead-beaten (TissueLyser II, Qiagen, Manchester, UK) for 2 min at full power
(30 Hz). Freeze-drying of faecal and colonic contents prior to bead-beating has previously
been applied in equine studies to disrupt the fibrous material [31,34].

2.2. Microbiome Profiling: 16S rRNA Sequencing

DNA extraction was performed on freeze-dried samples using Qiagen QIamp DNA
stool mini kits (Qiagen, Manchester, UK) and steps were followed according to the man-
ufacturer’s instructions. After the addition of ASL buffer (Qiagen, Manchester, UK) to
the sample and briefly vortexing, it was incubated in a heat block at 95 ◦C for 5 min, as
suggested by the manufacturer. To amplify the bacterial 16S rRNA gene (V4 region), a
universal tail tag dual indexing barcode approach was used [35]. For the first round of PCR
the primers used were F515 (NNN NNG TGC CAG CMG CCG CGG TAA) and R806 (GG
ACT ACH VGG GTW TCT AAT) (HPLC grade, Integrated DNA Technologies, Coralville,
IA, USA) [36]. A PCR master mix was made containing (per total 20 µL reaction): 1× Q5
reaction buffer, 0.02 U/µL Q5 High-Fidelity DNA polymerase, 200 µM dNTPs (NEB),
0.125 µM of each forward and reverse primers made up to 15 µL with molecular-grade
water. The master mix was divided between wells, with 5 µL (1 ng/µL) of template DNA.
The plate was loaded into a pre-heated thermocycler (Multigene™ and Multigene™ Op-
tiMax, Labnet International, Edison, NJ, USA) with an initial denaturation of 2 min at
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98 ◦C, followed by 14 cycles of 20 s at 95 ◦C, 15 s at 65 ◦C, 30 s at 72 ◦C. There was a final
extension step of 5 min at 72 ◦C and then samples were held at 4 ◦C until purification
(within 24 h). The first round of PCR was carried out in duplicate to reduce PCR bias.
Purification was performed using the AxyPrep Mag PCR Clean-up kit (Axygen, Corning,
NY, USA) and the entire eluate (10 µL) was used as template for index PCR. Index PCR
was carried out in a volume of 20 µL with the same reagents and method used in the first
round of PCR. An exception was the use of a set of barcoded index primers (listed in Table
S2, TruGrade, Integrated DNA Technologies, Coralville, IA, USA) used at 0.25 µM per
sample and 15 PCR cycles. Index PCR was carried out in duplicate, and purification was
repeated on the pooled duplicates. The final elute was 25 µL and the concentration of DNA
was recorded using a Qubit (Qubit dsDNA HS assay kit, Life Technologies, Carlsbad, CA,
USA). Sample pooling was performed based on sample concentration and fragment size
determined by a bioanalyzer (2100 Bioanalyzer, Agilent Technologies, Santa Clara, CA,
USA) by the Centre for Genomic Research (CGR), Liverpool, UK. Paired-end (2 × 250 bp)
sequencing was performed on an Illumina MiSeq platform by the CGR, Liverpool, UK.

2.3. Volatile Organic Compound (VOC) Metabolome Profiling

Aliquots of freeze-dried colonic contents were analysed by headspace solid-phase
microextraction gas chromatography mass spectrometry (HS-SPME-GCMS). Freeze-dried
colon contents were taken forward for analysis rather than wet samples because greater
numbers of VOCs were detected (results in Supplementary: Figure S1). The SPME fi-
bre coating used was divinylbenzene-carboxen-polydimethylsiloxane (DVB-CAR-PDMS)
50/30µm (1 cm). Samples were heated at 60 ◦C for 30 min prior to SPME fibre exposure to
the sample headspace for 20 min. GCMS conditions were as described previously [37].

2.4. Data Analysis
2.4.1. Microbiome

Illumina adapter sequences were trimmed from raw FastQ files using Cutadapt
(1.2.1) [38]. The reads were further trimmed using Sickle (1.2) [39] with a minimum
window quality score of 20. Reads shorter than 200 bp after trimming were removed.
Samples with fewer than 1000 reads were also removed at this stage. Sequence clustering
(99% similarity) was performed by SWARM 2.0 (d = 3) [40] and chimeras were filtered out
using UCHIME [41]. The following steps were then carried out using Quantitative Insights
Into Microbial Ecology (QIIME) (1.9.1) [42]. The classifier tool BLAST [43] was applied
together with the SILVA (SILVA_123) database [44] to assign OTUs at a 99% threshold. The
final steps were alignment of OTUs with the database using PyNAST [45] and construction
of a phylogenetic tree using FastTree [46]. Prior to statistical analysis three samples were
excluded. One sample (C25) failed to freeze-dry and two samples (T6 and C11) contained
higher relative abundances of Fusobacteria and Proteobacteria than Bacteroidetes (the
second most dominant phyla in all other samples) (Figure 1). The demographics of the
animals in this study were unknown, and therefore these samples were removed to prevent
bias. Removal of outliers using these criteria has been applied in equine faecal microbiome
studies previously [22]. In R (version 3.5.1) the following statistical analysis was performed
using methods described previously [47]. Specifically, a taxonomy plot was constructed
at phylum level. The data were normalised to relative abundance for these visualisation
plots. Numbers of horses with low (n = 7), medium (n = 4) and high (n = 5) tapeworm
burdens were considered too small to compare to controls (CO, n = 28) by statistical
analysis. Therefore, groups to be compared by statistical analysis were divided as follows:
all tapeworm positive horses (TP, n = 20) were compared to CO and horses with clinically
important burdens (≥21 tapeworms) referred to as TP_21 (n = 9) were also compared
to CO. Diversity indices were calculated at OTU level using the R package vegan [48].
The alpha diversity (Richness, Shannon and Fisher indices) was calculated for each group
and differences between groups were compared using the aov() function in R. The beta
diversity was plotted on non-metric multidimensional scaling (NMDS) ordination plots
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(distances: Bray-Curtis, Unifrac and Weighted Unifrac). Statistical differences in the beta
diversity between groups was assessed by permutational multivariate analysis of variance
(PERMANOVA) using the adonis() function. Differential abundance of taxa (phylum, order,
class, family, genus and OTU level) between CO and tapeworm groups (TP and TP_21)
was evaluated using the DESeq2 R package [49]. To investigate the association of strongyle
FEC in this cohort of horses alpha and beta diversity indices and the DESeq R package
were applied to assess differences in the microbiota of groups of horses with low ≤10 e.p.g
(n = 10, Low_FEC) or high ≥100 e.p.g (n = 24, High_FEC) strongyle FEC, as investigated
previously [22]. A PERMANOVA (gower distance) model to access the variation described
by tapeworm burden and FEC in the gut microbiome was performed using the vegan R
package, function adonis2().

Figure 1. Taxonomic summary at phylum level for all samples. Key: TU = tapeworm positive with
burden unrecorded, TL = low tapeworm (1–20 worms), TM = medium tapeworm (21–49 worms),
TH = high tapeworm (≥50 worms).

2.4.2. Volatile Organic Compound (VOC) Metabolome

VOC data were processed using Automated Mass Spectral Deconvolution System
(AMDIS-version 2.71, 2012, www.amdis.net, (accessed on 29 November 2020)) coupled to
the National Institute of Standards and Technology (NIST) mass spectral library (version
2.0, 2011, purchased from PerkinElmer, Beaconsfield, UK) to putatively identify VOCs.
The R package Metab [50] was used to align data. Low quality data points were removed
using the criteria that a VOC must be present in at least 50% of samples within at least
one condition to remain present. Following this, half-minimum values were imputed to
replace missing data as performed previously [28]. Statistical analysis of VOC metabolome
data was performed on the same groups as the microbiome data. The number of VOCs
and differences in their abundance between tapeworm groups (TP and TP_21) and CO
was evaluated by an independent t-test. To evaluate VOC abundance associated with
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high and low FECs an independent t-test was performed on the same groups outlined
in the microbiome analysis. The same PERMANOVA model in the microbiome analysis
including FEC and tapeworm burden was applied to the VOC metabolome data.

2.5. Integration of Omics Data

The R package mixOmics using the Data Integration Analysis for Biomarker discovery
(DIABLO) framework was used to identify correlations between OTUs and VOCs. Specif-
ically, the N-integrative supervised analysis was performed with DIABLO [51]. Prior to
input of data into the DIABLO model, 16S rRNA data were normalised by Total Sum Scal-
ing normalisation (TSS) followed by centred log-ratio (CLR). VOC data were normalised
as described in Section 2.4. The first step involved fitting the model prior to variable
selection to assess performance (based on correct assignment of groups) using the function
perf(). A 10-fold cross validation of perf() was undertaken. From the cross-validation, a
performance plot was constructed to calculate the balanced error rate (BER). The balanced
error rate calculates the average proportion of wrongly classified samples in each class,
weighted by the number of samples in each class. Based in the performance of the model
the optimal number of components was chosen using the function choice.ncomp(). Next,
the tune.block.splsda function was used to choose the optimum number of variables for
each type of omics (OTUs and VOCs). Using these optimal variables, the final DIABLO
model was constructed. A scatterplot (Pearson’s correlation) was generated for OTUs
and VOCs separately to evaluate which omics was the most important in distinguishing
between time points using the function plotIndiv(). The cor.test() function (for paired data)
was used to determine significant pair-wise correlations identified between OTUs and
VOCs. P values were adjusted by FDR. A plot generated by the plotDIABLO() function
was used to show overall correlation between selected OTUs and VOCs. For visualisation
of correlations between specific OTUs and VOCs a heatmap was constructed using the
plotVar() function. Integrated analysis was not performed on the TP_21 sub-set or FEC
groupings because of the small sample sizes.

3. Results
3.1. Microbiome Profiling

The total number of sequences was 6,186,806 after filtering. The sequences clustered
to a total number of 1,458. There was a minimum of 75,244 sequences per sample and a
maximum of 167,089; there were 116,212 sequences per sample on average. In total, 19 phyla
were identified, and the most abundant phyla were Firmicutes (51.6%), Bacteroidetes
(36.1%), Spirochaetae (2.3%) and Fibrobacteres (2.0%) (Figure 1).

Box plots of the alpha diversity indices (Richness, Shannon and Fisher alpha) between
tapeworm and control groups are shown in Figure 2A,B. Pair-wise comparisons between
groups were not significant (p > 0.05). NMDS plots of the beta diversity (Bray-Curtis) of
tapeworm and control groups are shown in Figure 2C,D and demonstrated no distinct
clustering. PERMANOVA of beta diversity values (Bray-Curtis, Weighted Unifrac, Unifrac)
revealed there were no significant differences in beta diversity between groups for both TP
vs. CO and TP_21 vs. CO. Box plots of the alpha diversity indices (Richness, Shannon and
Fisher alpha) and NMDS plots for beta diversity (Bray-Curtis) for comparisons between
Low_FEC and High_FEC are shown in Figure 3. There were no significant differences in
alpha (pair-wise ANOVA, p > 0.05) or beta (PERMANOVA, p > 0.05) diversity between
Low_FEC and High_FEC groups.
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Figure 2. Alpha (A,B) and beta diversity (Bray-Curtis distance is shown) (C,D) indices (OTU level)
of the colonic contents of horses infected with Anoplocephala perfoliata and non-infected controls.
Alpha diversity was not significantly different between groups, pair-wise ANOVA (p > 0.05). The
beta diversity between groups was not significant (PERMANOVA, p > 0.05). In (A,C) CO (n = 28)
vs. TP (n = 20), (B,D) CO vs. TP_21 (n = 9). Key: TP = tapeworm positive (n = 20), TP_21 = tape-
worm samples with >21 worms (n = 9), CO = control (tapeworm negative), NMDS = non-metric
multidimensional scaling.

Using the DESeq2 R package, there were no significant differences in taxa abundance
at phylum, order or class levels between tapeworm and control samples. Some differ-
ences at family and genus level were observed and are listed in Table 1. At OTU level,
69 OTUs (Figure S2A) were found to be significantly different between TP and CO; of these,
17 (24.6%) were more abundant in the TP group. When TP_21 and CO were compared, sig-
nificant differences in taxa between groups were observed at order, family, genus (Table 1)
and OTU level. One hundred and eighteen OTUs (Figure S2B) were significantly different
with 28 (23.7%) more abundant in the TP_21 group. Taxa differential analysis revealed sig-
nificant differences at order, family, genus (Table 1) and OTU level between Low_FEC and
High_FEC samples. Ninety-eight OTUs were significantly different with 76 (77.6%) more
abundant in the High_FEC group (Figure S3). A PERMANOVA model, which included
TP and CO samples, revealed tapeworm burden accounted for 3% (p = 0.03) of variation
and strongyle FEC accounted for the same, 3% (p = 0.04). When the PERMANOVA model
included TP_21 and CO samples, 4% (p = 0.04) of variation in the VOC profile could be
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described by tapeworm burden but no significant variation could be described by strongyle
FEC (4%, p = 0.10).

Figure 3. Alpha (A) and beta (B) (Bray-Curtis distance is shown) diversity indices for horses with low (<10 e.p.g) and high
(>100 e.p.g) strongyle FECs. Alpha diversity was not significantly different between groups, pair-wise ANOVA (p > 0.05).
The beta diversity between groups was not significant (permutational multivariate analysis of variance, p > 0.05) Key:
High_FEC = high strongyles (>100 e.p.g) n = 24, Low_FEC = low strongyles (<10 e.p.g) n = 10, FEC = faecal egg count,
e.p.g = eggs per gram, NMDS = non-metric multidimensional scaling.

3.2. Volatile Organic Compound (VOC) Profiling

Across all samples, 85 VOCs were identified. A complete list with the VOCs identified
within TP and CO samples is shown in Table S3. A significantly higher mean number
of VOCs was detected in the TP group (mean 72 SE ± 1.44) compared to CO (67 ± 1.21)
(p = 0.03, t-test). For the TP_21 group the mean number of VOCs (67 ± 2.43) was not
significantly different from CO (72 ± 1.21, p = 0.12, t-test). Principal component analysis
did not reveal any distinct clustering of groups Figure S4A,B.

In total, 24 VOCs were significantly different in abundance between TP and CO
(p < 0.05, t-test, pre-correction for multiple comparisons) (Table 2). For TP_21 and CO,
17 VOCs were significantly different in abundance between groups (p < 0.05, t-test, pre-
correction for multiple comparisons) (Table 2). For visualisation purposes, the 3 VOCs with
the smallest p-values from both tapeworm groups were plotted as box and whisker plots in
Figure 4. For strongyle FEC, there were two VOCs in significantly greater abundance in
the High _FEC group (p < 0.05, t-test, pre-correction for multiple comparisons) (Table 2).
However, after correction for multiple comparisons, none of the VOCs were significantly
different in abundance between horses with tapeworm and controls or between those with
high and low strongyle FECs. When TP and CO were included in a PERMANOVA model,
tapeworm burden explained 7% (p = 0.01) of variation and strongyle FEC was not able to
explain any variation (2%, p = 0.23). The inclusion of TP_21 and CO in a PERMANOVA
model resulted in 8% (p = 0.02) of variation in the VOC profile explained by tapeworm
burden and no effect of strongyle FEC (2%, p = 0.55).
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Table 1. Taxa that were significantly different in abundance between tapeworm groups and controls
and those with high and low FEC, irrespective of tapeworm infection.

Taxon p-Value
(FDR Corrected) More Abundant in

TP vs. CO

Family

Bacteroidales UCG-001 0.016 CO

Genus

Ruminococcaceae UCG-004 0.006 CO

Jeotgalicoccus 0.012 TP

Candidatus Soleaferrea 0.012 CO

Romboutsia 0.028 CO

TP_21 vs. CO p-value
(FDR corrected) More abundant in

Order

Rickettsiales 0.004 CO

Family

Rickettsiales Incertae Sedis 0.005 CO

Genus

Candidatus Hepatincola 0.01 CO

Selenomonas 3 0.02 TP_21

High_FEC vs. Low_FEC p-value
(FDR corrected) More abundant in

Order

Rhodospirillales 0.004 High_FEC

Family

Fusobacteriaceae 0.003 High_FEC

Rhodospirillaceae 0.003 High_FEC

Bacteroidaceae 0.003 High_FEC

Genus

Bacteroides 0.005 High_FEC

Fusobacterium 0.006 High_FEC

Thalassospira 0.007 High_FEC

Gordonibacter 0.021 High_FEC

Prevotellaceae Ga6A1 group 0.031 High_FEC
Differential abundance was calculated by the DESeq2 R package. Key: TP = tapeworm positive (n = 20),
TP_21 = tapeworm samples with ≥21 worms (n = 9), CO = control (tapeworm negative, n = 28), Low_FEC = low
strongyles (≤10 e.p.g), High_FEC = high strongyles (≥100 e.p.g). Key: FEC = faecal egg count, e.p.g = eggs
per gram.

Table 2. Comparison of volatile organic compound (VOC) abundance from the colonic contents of horses positive for
Anoplocephala perfoliata and non-infected controls.

TP vs. CO p-Value Adjusted p-Value More Abundant in

VOCs

Undecane, 2,6-dimethyl- 0.006 0.147 TP

Acetic acid 0.006 0.147 TP

Nonane 0.008 0.147 TP
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Table 2. Cont.

TP vs. CO p-Value Adjusted p-Value More Abundant in

Furan, 2-methyl- 0.009 0.147 TP

2-Undecanone 0.013 0.147 TP

1H-Pyrrole-2,5-dione, 3-ethyl-4-methyl- 0.013 0.147 TP

Dodecane, 2,6,10-trimethyl- 0.014 0.147 TP

3-Pentanone, 2-methyl- 0.015 0.147 TP

Heptane, 2-methyl- 0.017 0.147 TP

2-Heptanone, 6-methyl- 0.019 0.147 TP

2-Nonanone 0.020 0.147 TP

2-Octene, (E)- 0.025 0.147 TP

2-Decanone 0.026 0.147 TP

2-Octanone 0.026 0.147 TP

1-Penten-3-one 0.026 0.147 TP

Cyclohexanone, 2,2,6-trimethyl- 0.029 0.147 TP

3-Octanone 0.030 0.147 TP

D-Limonene 0.033 0.147 TP

2-Butanone 0.033 0.147 TP

Propanal 0.035 0.147 TP

Furan, 2-pentyl- 0.036 0.147 TP

2-Heptanone 0.038 0.147 TP

2-Butanone, 4-(2,6,6-trimethyl-1-cyclohexen-1-yl)- 0.042 0.156 TP

1-Cyclohexene-1-carboxaldehyde, 2,6,6-trimethyl- 0.044 0.156 TP

TP_21 vs. CO p-value Adjusted p-value More abundant in

VOCs

Undecane, 2,6-dimethyl- 0.001 0.127 TP_21

1H-Pyrrole-2,5-dione, 3-ethyl-4-methyl- 0.005 0.128 TP_21

Heptane, 2-methyl- 0.006 0.128 TP_21

2-Heptanone, 6-methyl- 0.006 0.128 TP_21

1-Cyclohexene-1-carboxaldehyde, 2,6,6-trimethyl- 0.012 0.174 TP_21

2-Undecanone 0.015 0.174 TP_21

Cyclohexanone, 2,2,6-trimethyl- 0.015 0.174 TP_21

2-Octene, (E)- 0.017 0.174 TP_21

Furan, 2-pentyl- 0.020 0.174 TP_21

Acetic acid 0.021 0.174 TP_21

Octane 0.023 0.178 TP_21

Nonane 0.027 0.189 TP_21

Decane 0.031 0.192 TP_21

Furan, 2-methyl- 0.034 0.192 TP_21

TP_21 vs. CO p-value Adjusted p-value More abundant in

5-Hepten-2-one, 6-methyl- 0.036 0.192 TP_21

2-Decanone 0.036 0.192 TP_21

1-Octen-3-ol 0.041 0.203 TP_21

High vs. Low FEC

VOCs

1-Propanol, 2-methyl 0.0219 0.903 High_FEC

1-Hexanol 0.0381 0.903 High_FEC

Results are shown for VOCs which were significantly different in abundance (p < 0.05, t-test) prior to FDR and their corrected p-values.
Key: TP = tapeworm positive (n = 20), TP_21 = tapeworm samples with ≥21 worms (n = 9), CO = control (tapeworm negative, n = 28),
FEC = faecal egg count, High_FEC = ≥100 strongyle eggs per gram (n = 24), Low_FEC = ≤10 strongyle eggs per gram (n = 10).
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Figure 4. Box and whisker plots of VOC abundance of the colonic contents of horses infected with Anoplocephala perfoliata
and non-infected controls. The three volatile organic compounds (VOCs) with the smallest p-values, identified by t-test for
both TP vs. CO (A–C) and TP_21 vs. CO (A,D,E) are shown. Plots were constructed to show VOC abundance change in
individual groups: control, low (1–20 worms), medium (21–49 worms) and high (≥50 worms) to show gradient change of
compounds with level of tapeworm burden.

3.3. Integrated-Omics

The DIABLO model generated a balanced error rate of 35–44% (Figure S5). A Pear-
son’s correlation plot demonstrated a strong correlation between bacterial OTUs and
VOCs, but the combination of these omics resulted in only subtle clustering of TP and
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CO (Figure 5A,B). Overall, bacterial OTUs were better at separating TP and CO groups
than VOCs (Figure 5C,D). A total of 1257 correlations (0.3 and above) were identified
between OTUs and VOCs. Correlations identified using the plotVar() function are shown
in a heatmap in Figure 6. To assess the use of VOCs as markers for OTUs in higher or
lower abundance in control or tapeworm samples identified in single omics, a table of
VOCs and OTUs which were significant in the single omics analysis (pre-FDR corrected)
and had significant correlations in the integrated analysis was constructed (Table 3). Of
interest, OTU2331 and OTU147 (both Prevotellaceae) were in higher abundance in TP
in single omics analysis and each positively correlated (0.36–0.6) with 17 and 19 VOCs
respectively, which were also in significantly greater abundance in TP in single omics
analysis. OTU2051 (Rikenellaceae), identified in higher abundance in the CO group, was
found to be negatively correlated (−0.6) with furan,-2-pentyl and 5-hepten-2-one-6-methyl.

Figure 5. A Pearson’s correlation plot of bacteria and volatile organic compound (VOC) data of the colonic contents of
horses infected with Anoplocephala perfoliata and non-infected controls. Component 1 is shown in (A) and component 2 is
shown in (B). The ability of the model to separate CO and TP by bacteria alone is demonstrated by plot (C), and VOCs
alone by plot (D). Key: TP = tapeworm positive (n = 20), CO = control (tapeworm negative, n = 28).
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Figure 6. A heatmap of correlations (sorted by correlation values) between bacterial operational taxonomic units (OTUs)
and volatile organic compounds (VOCs) found in the colonic contents of horses infected with Anoplocephala perfoliata and
non-infected controls. Details of OTU taxonomic identification are in Table S4.
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Table 3. Operational taxonomic units (OTUs) and volatile organic compounds (VOCs) identified in single omics analysis
that were significantly correlated with each other when integrated.

OTU p-Value OTU More Abundant in VOCs Significantly Correlated Correlation VOC More Abundant in

OTU5074 <0.001 CO Acetic acid −0.42 TP

OTU3878 <0.001 TP 2-Nonanone 0.46 TP

2-Decanone 0.43 TP

1-Octen-3-ol 0.43 TP

OTU705 <0.001 CO 2-Octanone −0.46 TP

1-Octen-3-ol −0.47 TP

OTU314 <0.001 TP 1H-Pyrrole-2,5-dione,
3-ethyl-4-methyl- 0.43 TP

Cyclohexanone, 2,2,6-trimethyl- 0.41 TP

Undecane, 2,6-dimethyl- 0.41 TP

2-Heptanone, 6-methyl- 0.4 TP

1-Cyclohexene-1-carboxaldehyde,
2,6,6-trimethyl- 0.4 TP

Dodecane, 2,6,10-trimethyl- 0.37 TP

Acetic acid 0.37 TP

OTU673 <0.001 CO Heptane, 2-methyl- −0.37 TP

OTU2331 <0.001 TP 2-Heptanone, 6-methyl- 0.6 TP

Decane 0.58 TP

Propanal 0.56 TP

1-Cyclohexene-1-carboxaldehyde,
2,6,6-trimethyl- 0.55 TP

Furan, 2-pentyl- 0.55 TP

Cyclohexanone, 2,2,6-trimethyl- 0.53 TP

Undecane, 2,6-dimethyl- 0.53 TP

1-Octen-3-ol 0.51 TP

1H-Pyrrole-2,5-dione,
3-ethyl-4-methyl- 0.48 TP

2-Heptanone 0.45 TP

Pentanal 0.45 TP

2-Decanone 0.43 TP

Furan, 2-methyl- 0.43 TP

3-Octanone 0.42 TP

2-Nonanone 0.4 TP

2-Undecanone 0.4 TP

Nonane 0.37 TP

OTU2051 <0.001 CO Acetic acid −0.37 TP

OTU p-value OTU more abundant in VOCs significantly correlated Correlation VOC more abundant in

1H-Pyrrole-2,5-dione,
3-ethyl-4-methyl- −0.38 TP

2-Heptanone −0.39 TP

1-Octen-3-ol −0.41 TP

2-Decanone −0.45 TP

2-Octanone −0.47 TP

OTU142 0.015 CO 2-Nonanone −0.37 TP

Furan, 2-pentyl- −0.38 TP

2-Butanone,
4-(2,6,6-trimethyl-1-cyclohexen-1-yl)- −0.4 TP
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Table 3. Cont.

OTU p-Value OTU More Abundant in VOCs Significantly Correlated Correlation VOC More Abundant in

2-Decanone −0.43 TP

Propanal −0.43 TP

2-Heptanone −0.43 TP

1-Octen-3-ol −0.44 TP

OTU147 0.015 TP 2-Heptanone 0.56 TP

3-Octanone 0.53 TP

1H-Pyrrole-2,5-dione,
3-ethyl-4-methyl- 0.53 TP

Furan, 2-pentyl- 0.53 TP

2-Decanone 0.51 TP

2-Nonanone 0.51 TP

1-Penten-3-one 0.49 TP

Nonane 0.48 TP

2-Heptanone, 6-methyl- 0.47 TP

2-Undecanone 0.47 TP

1-Octen-3-ol 0.45 TP

Cyclohexanone, 2,2,6-trimethyl- 0.43 TP

2-Octanone 0.43 TP

1-Cyclohexene-1-carboxaldehyde,
2,6,6-trimethyl- 0.42 TP

Propanal 0.42 TP

Furan, 2-methyl- 0.41 TP

Dodecane, 2,6,10-trimethyl- 0.4 TP

Acetic acid 0.39 TP

D-limonene 0.36 TP

OTU239 0.020 CO Decane 0.41 TP

2-Heptanone, 6-methyl- 0.39 TP

OTUs were identified as significantly different between CO and TP by DeSeq2 R package. VOC abundances were identified as significantly
different (pre-FDR) between CO and TP by t-test. Correlations between OTUs and VOCs were recorded from 0.3 to 1 (−0.3 to −1) to
indicate positive (negative) linear relationships. The correlations were calculated from a Pearson’s correlation plot and the cor.test() function
was used to determine if correlations were statistically significant. OTU classifications: OTU5074 Treponema 2, OTU3878 Alloprevotella,
OTU705 Bacteroidales S24-7 group, OTU314 (Eubacterium) oxidoreducens group, OTU673 Lachnospiraceae NK4A136 group, OTU2331
Prevotellaceae UCG-003, OTU2051 Rikenellaceae RC9 gut group, OTU142 Ruminococcaceae UCG-005, OTU147 Prevotellaceae UCG-001,
OTU239 Prevotella 1. CO = control (tapeworm negative, n = 28), TP = tapeworm positive (n = 20).

4. Discussion

This is the first study to investigate the intestinal microbiome and metabolome of
horses with and without infection of the important equine parasite A. perfoliata, based
on the gold standard of physical identification of parasites at post-mortem. Knowledge
about whether tapeworm infection is associated with changes in the microbiome and
metabolome of the horse may further our understanding of the parasite-microbiota in-
teractions in the equine gut and help us to better understand the pathophysiology of
tapeworm-associated colic.

The present study found that Firmicutes (51.6%) and Bacteroidetes (36.1%) were the
dominant phyla in the samples obtained, which is consistent with other equine stud-
ies [21,52,53]. The bacterial diversity in samples from horses that were either tapeworm
positive or negative (CO group) were similar, a finding consistent with many other studies
comparing the gut microbiome of parasite infected and non-infected animals [21,22,54–57].
Significant differences in microbiota diversity in parasite positive and negative animals
have been more widely reported in rodent and rabbit studies in which the level of infection
and diet can be closely controlled and larger sample sizes can be used [58–61], and which
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is something that is difficult to practically achieve in studies of horses, which are usually
client-owned rather than research horses.

Here, a decreased abundance of some fibrolytic bacteria considered symbiotic, in-
cluding an unidentified genus belonging to the family Ruminococcaceae UCG-004, was
observed in the tapeworm groups when compared to the controls [62,63]. Fewer Ru-
minococcaceae were also seen in rabbits and pigs (genus level, Ruminococcus) infected with
intestinal parasites [60,64]. A decrease in Ruminococcus was previously identified as a con-
sequence of strongyle infection in ponies identified as being susceptible [21]. The authors
of the latter study suggested that a reduction in butanoic acid (because of a reduction in
Ruminococcus) could influence the level of inflammation caused by infection. However, the
authors did not measure butanoic acid, and in the present study, a correlation between
butanoic acid and symbiotic bacteria was not observed. The role of symbiotic bacteria
during parasite infection requires further investigation to determine if interactions occur
as a result of, or as a pre-cursor to infection, and what consequences this may have for
the host.

The genus Selenomonas 3 was more abundant in the tapeworm positive (TP_21) group
compared to non-tapeworm infected controls (CO). Little is known about Selenomonas.
Previous studies have found that Selenomonas ruminatum was more abundant in goats
infected with the gastrointestinal parasite Haemonchus contortus [55]. Some Selenomonas
species have also been associated with inflammation in human patients with periodontal
disease [65]. Species of Selenomonas are involved in the fermentation pathway of starch
and sugars in the hindgut so an increased presence may be attributable to the diet or to
an adaption of the host or gut microbiota to compete for nutrients with the parasite [66].
In the current study, just two out of nine horses in the TP_21 group had high levels of
Selenomonas 3.

In general, as tapeworm burdens increase, severity of lesions, inflammation of the
mucosa and the risk of colic increases [4,32]. However, fewer tapeworms are required
to produce severe lesions at the ileo-caecal junction than the caecal wall [67]. Therefore,
numbers of tapeworms may not have been fully representative of mucosal inflammation
in this work, and the specific site and extent of inflammation was not recorded. Future
studies should record sites of parasite attachment as well as taking mucosal samples
from inflamed and non-inflamed regions, furthermore mucosal samples from controls
would also help to determine parasite related and non-parasite related inflammation. A
decrease in bacterial diversity, as well as an increase in inflammatory biomarkers, has
been reported in horses post-treatment for cyathostomins [24]. Post-dosing colic has been
linked to high ELISA optical densities for tapeworm, suggesting colic may be a result of
the removal of significant tapeworm burdens [68]. The role of the gut microbiota and
tapeworm in the development of or reduction in likelihood of tapeworm-associated equine
colic remains unclear, but the subtle changes in the gut microbiota observed in this work
warrant further study in this area. Sampling from gut regions where tapeworm attachment
and associated gastrointestinal pathology (e.g., ileo-caecal junction and caecal wall) may
provide further insight into whether parasite-microbiota interactions have a role in specific
types of equine colic.

A PERMANOVA analysis revealed that tapeworm burden explained a small amount
(7–8%) of variation in the VOC profile, but evidently, this was not enough to demonstrate
clear clustering for tapeworm in PCA analysis. The VOC metabolome changed little with
the FEC, and only two VOCs were significantly different in samples with high FEC (prior
to FDR). There was no significant variation described in the PERMANOVA analysis. These
findings were similar to a previous study, using a different metabolomics platform, where
only moderate differences in faecal metabolite profiles were observed between horses
with high and low FECs [23]. Other factors, which have been described previously to
influence the equine hindgut microbiome and metabolome, including horse age, breed,
diet, and history of gastrointestinal disease, as well as antibiotic and anthelmintic treat-
ment [25,62,69–71], were not recorded in the current study. These factors may have been
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responsible for other variations observed in the VOC profile. The inability to record this
metadata was the main limitation of this post-mortem study. For future investigations, to
maximise the ability to determine variation influenced by parasites alone on the microbiota,
extrinsic factors should be controlled for. However, this information may be difficult to
obtain for horses submitted to an abattoir which, at present is the most practical method for
sampling large numbers of horses using the gold standard for equine tapeworm diagnosis
(direct evaluation of parasite status in the gastrointestinal tract post-mortem).

Integrated analysis demonstrated a strong correlation (0.81) between bacterial OTUs
and VOCs. In the single omics analysis 69 OTUs were found to be significantly different
between TP and CO. Of these, 10 were correlated with VOCs. A lack of correlation
for the other 59 OTUs with VOCs could imply the organisms were not active, as DNA-
based studies are not representative of active species [72]. Furthermore, the use of one
metabolomics platform and extraction technique will not encompass all metabolites within
a biological matrix so there is a possibility that metabolites directly correlating with the
most abundant organisms were not detected here [73].

There were no significantly differences in abundance of VOCs between tapeworm
infected and non-infected controls after p-values were adjusted for multiple comparisons.
Despite not reaching statistical significance in the single omics analysis many of these VOCs
were responsible for the variation shown in the Pearson’s correlation plot (supervised anal-
ysis) and were correlated with several OTUs. This demonstrates that, although statistical
significance was not reached after correction for multiple comparisons, these VOCs were
still important in discriminating between tapeworm infected and non-infected controls
when combined with other analysis and the study may have simply been under-powered
when evaluated as a single omics. Furthermore, the use of supervised analysis in noisy
datasets with confounding factors such as this, may be advantageous [74]. However, when
supervised analysis is employed, it is important to check that the data are not being over
fitted. In the present study the BER was used to evaluate the supervised model for over-
fitting. We achieved a BER of 35–44%, an indication that the group separations observed
between TP and CO should be interpreted with caution [75]. The high error rate may be
because of the small sample size (more features than samples were included in the model)
or because the differences between the two groups were not enough to accurately classify
the samples.

Several VOCs in higher abundance in TP samples were correlated with two OTUs
(OTU2331 and OTU147) belonging to the family Prevotellaceae. Members of the Prevotel-
laceae family have been associated with driving chronic intestinal inflammation in mice
with inflammasome-mediated dysbiosis [76,77]. It may be reasonable to speculate that the
more highly abundant OTUs were associated with parasite-driven inflammation. On the
other hand, some of the correlating VOCs, including 2-heptanone, 1-octen-3-ol, 2-octanone
and furan compounds, have previously been identified as being of possible fungal ori-
gin [78,79]. Furthermore, in healthy human subjects consuming a high-carbohydrate diet, a
correlation was observed between the fungal genus Candida and members of Prevotellaceae
(genus Prevotella) [80]. The authors speculated that Candida were able to break down com-
plex carbohydrates into simple sugars to be fermented by Prevotella, to produce acetic acid.
In the current work acetic acid was also more abundant in the tapeworm group, supporting
this hypothesis. Fungal populations were not characterised in this study, so it can only
be speculated that these VOCs were related to fungal metabolism. In addition, the OTUs
of interest could not specifically be identified as Prevotella, but as members of the family
Prevotellaceae, in which there are three other possible genera to which the OTUs may have
belonged. In horses, this is one of the few studies to correlate findings of a 16S rRNA study
with the gut metabolome in a statistical model. The integration of omics to address the
same hypothesis was able to provide stronger evidence for the conclusions made. A larger
sample size is required to clarify whether the combination of bacterial OTUs and VOCs
can accurately distinguish between horses with and without tapeworm infection.
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A comparison between horses with high and low strongyle FECs was performed to
evaluate the association of FEC with the gut microbiome and metabolome as a potential
confounding factor in this study. Here, we categorised horses into low and high FEC
groups, as performed previously by others [22,23]. There was no significant association
between the strongyle FEC and the overall gut microbiota diversity, as observed previ-
ously in faeces [21,22]. Differential analysis demonstrated some significant differences in
microbial taxa at order, family and genus level between horses with high and low FECs
that were not shared with tapeworm and control comparisons. An increase in members of
the phylum Proteobacteria was observed in horses with high or a susceptibility to a high
strongyle FEC [21,22], but this was not observed in tapeworm infected horses or in those
in the High_FEC group in the present study, despite a larger sample size. However, the
order Rhodospirillales, family and genus Thalassospira (all members of phylum Proteobac-
teria) were more abundant in those with High_FEC compared to Low_FEC. Possibly the
levels of infection were not high enough to enable differences to be observed at phylum
level between groups or other confounding factors of the current study, including mixed
infections, a lack of control for diet, age, breed and anthelmintic and antibiotic treatment
history. To date, differences in the microbiota between horses with high levels of mixed
parasite burdens with those with low mixed burdens has not been compared and was not
possible in the current study because of small sample sizes. However, investigating the
impact of general high parasite burdens on the equine microbiota and overall health would
be interesting and may our further knowledge of parasite-microbiota interactions in the
horse. It should be noted that FEC and numbers of parasites present in the gastrointestinal
tract have a weak correlation [81]. A validated serum ELISA for encysted cyathostomins
has become available since the samples were collected for this study [82,83]. Future studies
should aim to use this alongside other diagnostic methods.

Understanding the mechanisms responsible for microbiota, parasite and host inter-
actions were beyond the scope of this study. Whether A. perfoliata infection and the gut
microbiota interact to produce positive (stimulation of the immune system) or negative
(a role in the development of colic) impacts on the host remains unknown. Others have
proposed the idea that the use of probiotics and prebiotics to manipulate the gut microbiota
may help control gastrointestinal parasites as an alternative to drugs [84]. However, before
further exploration is performed, the wider impacts of such therapies on the host should
be considered.

5. Conclusions

This is the first study to integrate microbiome and metabolome data in relation with
the tapeworm status of the horse. Furthermore, the microbiome and metabolome of gut
contents have not previously been reported in previous equine parasitology studies. We
found statistically significant correlations between specific OTUs and the presence of
tapeworm. Some VOCs and bacterial OTUs were also correlated. The relationship between
VOCs and tapeworm infection could not be demonstrated after adjustment for multiple
comparisons. Further investigation of the equine gut microbiome and metabolome using
larger studies is therefore warranted.

Supplementary Materials: The following are available online at https://www.mdpi.com/2076-261
5/11/3/755/s1, Table S1: Parasitology results of horses included in the study, Table S2: Barcoded in-
dex primers, Table S3: A list of VOCs identified and frequencies of occurrence in TP and CO samples,
Table S4: Taxonomic identification of OTUs in Figure 6., Figure S1: Comparison of VOC numbers and
chromatogram of colon contents freeze-dried (FD) and not freeze-dried (NFD), Figure S2: (A) Sig-
nificant OTUs comparing TP and CO. (B) Significant OTUs comparing TP_21 and CO., Figure S3
Significant OTUs between Low_FEC and High_FEC groups, Figure S4: (A) PCA of VOC profile (tape-
worm positive = TP and tapeworm negative = CO), (B) PCA of VOC profile (≥21 tapeworms = TP_21
and tapeworm negative = CO), Figure S5: Balanced error rate for mixOmics model.
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Simple Summary: Abdominal pain, colic, is a common clinical sign in horses, sometimes reflecting
life-threatening disease. One cause of colic is parasitic infection of the gut. Various drugs, anthelmintics,
can be used to reduce or eliminate such parasites. However, frequent use has led to problems of drug
resistance, whereby many countries now allow anthelmintics to be used on a prescription-only basis.
In Sweden, this has led to a concern that parasitic-related colic in horses is increasing. This study aimed
to investigate whether horses with colic differed in parasitological status compared to horses without
colic. A secondary aim was to collect information regarding current parasite control measures used by
horse owners. Exposure to S. vulgaris, a parasite with the potential to cause life-threatening disease,
appeared high as determined by the presence of antibodies in the blood. Horses with inflammation in
the abdominal cavity had higher antibody levels than other causes of colic. Despite new legislation,
29% of owners did not use fecal analyses for parasites and the use of extended methods to diagnose
specific parasites was low. Also, owners rarely used alternative methods to reduce the pasture
parasite burden. The study suggests a need for education in the use of both fecal analyses and
pasture management.

Abstract: All grazing horses are exposed to intestinal parasites, which have the potential to cause
gastrointestinal disease. In Sweden, there is a concern about an increase in parasite-related equine
gastrointestinal disease, in particular Strongylus vulgaris, since the implementation of prescription-only
anthelmintics approximately 10 years ago. In a prospective case–control study, parasitological status,
using fecal analyses for strongyle egg counts, the presence of Anoplocephala perfoliata eggs and
S. vulgaris Polymerase chain reaction (PCR) as well as serology for S. vulgaris, were compared between
horses presenting with or without gastrointestinal disease at a University hospital during a one-year
period. Information regarding anthelmintic routines and pasture management was gathered with
an owner-filled questionnaire. Although the prevalence of S. vulgaris PCR was 5.5%, 62% of horses
were positive in the enzyme-linked immunosorbent assay (ELISA) test and horses with peritonitis
showed higher antibody levels for S. vulgaris, as compared to other diagnoses or controls. Overall,
36% of the horse owners used only fecal egg counts (FEC), 32% used FEC combined with specific
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diagnostics for S. vulgaris or A. perfoliata, and 29% dewormed routinely without prior parasite
diagnostics. Effective management methods to reduce the parasitic burden on pastures were rare and
considering exposure to S. vulgaris appears high; the study indicates a need for education in specific
fecal diagnostics and pasture management.

Keywords: horse; colic; gastrointestinal disease; Strongylus vulgaris; Anoplocephala perfoliata; cyathostominae

1. Introduction

Colic in horses is a significant cause of mortality and morbidity and thus, is a major contributing
factor to economic loss within the equine industry [1]. A vast number of potential risk factors have
been implicated as a cause of gastrointestinal disease in horses, including intestinal parasites [2,3].
As grazing animals, horses are hosts to a large number of internal parasites that, to a varying degree,
may result in pathology of the gastrointestinal tract [2].

Of all the equine internal parasites, Strongylus vulgaris is regarded as the most pathogenic and was
therefore the main target of parasitic control programs in the 1960s, when modern anthelmintic drugs
were first introduced [4]. This parasite has a long lifecycle of about six months, of which four months
involve migration of larvae in the mesenteric arteries, in particular the cranial mesenteric artery [5].
Due to its larval migration within the mesenteric vasculature, S. vulgaris may cause severe arterial
inflammation and damage to the otherwise smooth endothelial surface, with subsequent thrombus
formation [5]. This potentially leads to the occlusion of arteries and arterioles supplying the intestinal
wall, causing intestinal infarction and septic peritonitis. This condition is often fatal and requires
surgical resection of the infarcted intestinal segment for a chance of survival [6].

The cestode Anoplocephala perfoliata has also been implicated as a cause of colic of varying degrees
of severity [7]. This parasite’s predilection for the ileocecal junction may cause lesions in this area, such
as ileocecal invaginations and ileal impactions, most likely due to parasite-induced intestinal pathology
at the site of attachment, but perhaps also secondary to physical obstruction and/or modifications in
intestinal motility [8,9]. In addition, studies have demonstrated an association between A. perfoliata
infection and spasmodic colic [10] as well as colic in general [11].

In contrast to other parasites, small strongyles, cyathostomins, have a direct life cycle and the
early third larval stage can be arrested in the gut wall as encysted larvae for prolonged periods of
time. The emergence of large numbers of such arrested larval stages can cause a severe inflammatory
reaction in the colon and cecum resulting in diarrhea, sometimes with fatal outcomes, predominately
in young animals; a condition known as larval cyathostominosis [12,13]. Moreover, large burdens of
cyathostomins have been related to ill-thrift and weight-loss [14,15]. However, it is still under debate
if cyathostomins are associated with colic in general, and a recent case–control study was unable to
demonstrate a connection between cyathostomins and colic [16].

In the 1960s, regular anthelmintic treatment of horses was introduced, and as a result, some
previously common parasite-induced gastrointestinal diseases, such as non-strangulating intestinal
infarction caused by S. vulgaris, appeared to be largely eradicated [2]. However, the increasing
reports of anthelmintic resistance in both cyathostomin parasites and Parascaris spp. [17,18], have led
several countries, including Denmark, Finland, the Netherlands, Italy and Sweden, to implement
a prescription-only sale of equine and livestock anthelmintic drugs [19]. In Sweden, the legislation
advocates the prescription of anthelmintics to adult horses only after fecal analyses. By treating horses
exceeding a chosen cut-off value, often 200 strongyle eggs per gram of feces (EPG), fewer anthelmintic
treatments are administered, thus reducing the risk of developing of anthelmintic resistance [19,20].
However, since the implementation of more selective anthelmintic treatment strategies, Denmark
and Sweden have recently documented a clear increase in the prevalence of S. vulgaris in the equine
population in these countries [21,22]. Furthermore, post-mortem studies conducted in Italy indicate
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that pathological lesions caused by S. vulgaris are still widespread and in Denmark, several clinical
cases of S. vulgaris-associated non-strangulating infarctions with subsequent septic peritonitis with a
high mortality rate have been reported [6,23,24].

In Sweden, the legislation restricting anthelmintic products to prescription-only came into effect
in October 2007. Just prior to this, only a minority (1%) of Swedish horse owners based anthelmintic
treatment on fecal analyses of their horses [25]. As yet, there are few studies investigating how the
prescription-only legislation has affected anthelmintic routines in Sweden and its possible effect on
parasite-related disease in Swedish horses. Despite similar legislation in several European countries,
there appears to be substantial national differences in how the law is implemented in practice [19].
Recently, an S. vulgaris prevalence of 61% was demonstrated in Swedish horse farms [22]. Whether this
has resulted in an increase in clinical disease in Swedish horses is, however, unknown.

The aim of the present study was to compare the parasitological status between horses presenting
for gastrointestinal disease (colic, colitis, peritonitis, weight loss) and horses presenting for non-intestinal
disease at a university equine referral hospital during a one-year period, using coprological and
serological assays. In addition, a secondary aim was to gather information regarding current
anthelmintic treatment routines and pasture management practices using an owner-filled questionnaire
at admission.

2. Materials and Methods

The study was approved by the Uppsala animal welfare ethics committee (license number:
Dnr 68/16). Owner consent was required for study participation and participating owners were asked
to fill in a consent form at admission.

2.1. Project Outline

The study was designed as a prospective case–control study at the Horse Clinic, University
Animal Hospital, Swedish University of Agricultural Sciences, over a one-year period (February
2017–February 2018). The Horse Clinic receives both first opinion as well as referred equine cases
with an annual case load of approximately 6000 cases. A horse presenting to the clinic and diagnosed
with a disease related to the gastrointestinal canal was classified as a case. Each case was matched
with a control horse presenting during the same week and, when possible, of same or similar age,
and diagnosed with either a disease unrelated to the gastrointestinal canal (e.g., respiratory, skin,
eye, cardiac, and orthopedic conditions) or presenting for prophylactic reasons (e.g., general health
check, oral examination). Fecal and blood samples were collected by veterinarians from each case
and control during the horse´s visit at the clinic. In addition, each owner was asked to respond to
a questionnaire for collecting information regarding previous colic history, previous anthelmintic
treatment, anthelmintic routines, and pasture management (Table 1). Regarding the question about
deworming routines, there were five alternatives for the horse owner with the highest number of
treatments being 2–4 times/year (Table 1). The reason for this is that in Sweden the recommendation
for adult horses is to perform parasite diagnostics in April/May and only treat individuals exceeding
200 EPG and positive for S. vulgaris and/or A. perfoliata [26]. It is very rare that adult horses are
dewormed more than 4 times/year in Sweden.
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Table 1. Questionnaire data collected from participating cases and controls.

Information Descriptor

Age of horse Years

Time in ownership Years

Any previous history of colic a Yes/No

If yes, specify number of colic episodes Number

Treated for colic by a veterinarian during last 24 months Yes/No

Signs of diarrhea b during last 2 months Yes/No

Lost weight c during last 2 months Yes/No

Last anthelmintic treatment (months) 0–3; 3–6; 6–12; >12

Drug used during last treatment FBZ d; PYR e; IVM f; MOX g; COMB h

Deworming routines applied on the farm

(i) only after FEC i

(ii) after FEC and S. vulgaris diagnostics
(iii) diagnostics for A. perfoliata at least 1/year

(iv) routine deworming once/year
(v) routine deworming 2–4 times/year

Presence of parasites in fecal sample during last 24 months Small strongyles; S. vulgaris; A. perfoliata;
Parascasris spp; do not know

Access to separate winter and summer pasture Yes/No

Grazing with other animals species Yes/No

Size of pasture or paddock, winter Hectare

Size of pasture or paddock, summer Hectare

Number of horses in pasture/paddock, winter Number

Number of horses in pasture/paddock, summer Number

Use of fecal removal Yes/No

If yes, how often are feces removed Number/week

Hours spent outdoors (paddock), winter 1–24

Hours spent outdoors (pasture), summer 1–24
a restlessness and pawing at the ground, irritated kicking to the stomach, rolling or attempting to roll; b loose
consistency of feces; c as subjectively appreciated by owner; d fenbendazole; e pyrantel; f ivermectin; g moxidectin;
h ivermectin/moxidectin and praziquantel; i fecal egg count.

2.2. Processing of Samples

Each horse included in the study had a fecal sample collected either at the time of rectal exam
(majority of case horses), or from feces passed in the loose box (cases and controls) or transport vehicle
in which the horse was brought to the clinic (controls). Fecal samples, approximately 200 g, were stored
at 4 ◦C until parasite analyses the following day. In addition, two serum blood collection tubes (10 mL
BD Vacutainer®(BD Technologies, Durham, NC, USA)) were obtained, either by vacutainer technique
(20 G × 25 mm) from the jugular vein, or, in some case horses, from a permanent jugular catheter
(Extended Use MILACATH® (MILA International Inc, Florence, KY, USA) placed in the jugular vein.
In the latter case, at least 10 mL of blood was discarded before obtaining the sample. Blood samples
were refrigerated at 4 ◦C for 12–24 h and then centrifuged at 2000× g for ten minutes. Serum was
pipetted off and stored in 1.8 mL cryo tubes at −80 ◦C until the enzyme-linked immunosorbent assay
(ELISA) was performed.
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2.3. Parasite Analyses

Strongyle fecal egg counts (FECs) were carried out for each horse using a modified McMaster
technique with a minimum detection limit of 50 EPG [27]. Parasite eggs in fecal samples (3 g) were
floated using a saturated NaCl solution (SG = 1.18) [27]. Irrespective of FEC, larval cultures for
detection of S. vulgaris were performed on 50 g feces from each horse according to Bellaw and
Nielsen [28]. In brief, feces were mixed with an equal volume of vermiculite (Weibulls, Sweden),
tap water was added to obtain a moist condition and samples were cultured at 20 ◦C for 14 ds.
Third stage larvae were harvested after sedimentation for 12–16 h at 20 ◦C by the inverted Petri dish
method [29]. Pellet of harvested L3 was performed by collecting approximately 20 mL of the fluid
into a 50 mL Falcon tube, centrifuging at 248× g for three minutes and discarding the supernatant.
Larval DNA was extracted with NuceloSpin®Tissue (Macherey-Nagel, Düren, Germany) according
to the manufacturer´s instruction. An ITS-2 specific PCR was used for identification of S. vulgaris
according to Nielsen et al. (2008) and Tydén et al. (2019) [22,30].

Anoplocephala perfoliata were examined on 30 g feces using the modified flotation technique
described by Berozoa et al. [31]. Feces were mixed with 60 mL tap water, sieved and collected into
four 15 mL test tubes and centrifuged 1000× g for ten minutes. The supernatant was removed and
pellet suspended in sugar salt solution (saturated sodium chloride solution with 50% glucose with a
density of 1.280) to form a convex meniscus. Cover glasses (18 mm × 18 mm) were put on the top
and centrifuged for 5 min at 214× g (no brakes) in a swing out centrifuge. Samples were left 5 min
after centrifugation and thereafter transferred to microscope slides and microscopically examined at
40–100×magnification.

2.4. Strongylus vulgaris Specific ELISA

Serum samples were packed with dry ice and shipped to the Nielsen Parasitology Laboratory
at the University of Kentucky. Here, an indirect ELISA using recombinant SvSXP protein as
antigen was performed as previously described [32]. Samples were diluted 1:50 and horseradish
peroxidase-conjugated goat anti-horse IgG(T) (Bethyl Laboratories, Inc., Montgomery, TX, USA) was
used as a secondary antibody at a dilution of 1:40,000. Results were reported as the normalised value,
percentage of a positive control to reduce inter-assay variability [32]. The positive control sample was
obtained from a horse known to be infected with S. vulgaris.

2.5. Statistical Analyses

All statistical analyses were interpreted as statistically significant up to the p-value < 0.05 with
the application of Bonferroni correction of the p-value, i.e., the division of the p-value for significance
with the number of tests applied, to account for multiple testing, when appropriate. All statistical
analyses were performed using Stata SE (version 14.2, StataCorp, College Station, TX, USA).

2.5.1. Data on Horses, Colic Diagnoses and Season

Statistical analyses on data on horses, colic diagnosis and season were performed as follows.
Horses were categorised into six age-groups (1–2; 3–5; 6–10; 11–15; 16–20 and >20 years) and gender
(mare, stallion, gelding). Gastrointestinal disease was classified into nine categories: impaction (large
colon, small colon, and cecal), large intestinal displacement, acute colitis, peritonitis, equine eosinophilic
gastroenteritis/enterocolitis, gas distention colic, chronic colitis, undiagnosed, and other. Season was
categorised into four seasons (December–February, March–May, June–August, September–November).

Comparisons between diagnostic categories and season was performed using Fisher’s exact test.
Comparisons between cases and controls regarding demographic profile was done using univariate
logistic regression generating crude ORs (for age, as continuous variable) and chi 2 test (for gender),
respectively. For cases, comparisons between gastrointestinal diagnoses and age categories were done
using univariate logistic regression generating crude ORs.
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2.5.2. Questionnaire Data Including Previous Medical History, Anthelmintic Routines and
Pasture Management

Comparisons between cases and controls regarding previous medical history (colic, veterinary
treated colic, diarrhea, weight loss), anthelmintic routines (last drug used, time since last deworming,
farm deworming routine, prevalence of previous parasitic infection) and management factors (use of
co-grazing, fecal removal routines in pasture/paddock, time at pasture/in paddock, stocking density)
were made using univariate logistic regression generating crude ORs.

2.5.3. Parasitological Status

The parasitological status of each horse was determined for cyathostomins as FECs, and for
S. vulgaris PCR, S. vulgaris ELISA and A. perfoliata as positive/not positive. Strongyle egg counts
were clustered into the following EPG groups: low egg shedders (EPG ≤ 200), medium egg shedders
(250–500 EPG) and high egg shedders (>500 EPG) [33]. The difference in distribution of the EPG
categories for each determinant, respectively, was investigated using univariate ordered logistic
regression generating crude ORs. The S. vulgaris ELISA was identified as positive using a cut-off

value of 13.47% of positive control according to Andersen et al. [32]. The number of positive samples
(i.e., above the positive threshold) were presented as total number and proportion of the total.
For S. vulgaris PCR, S. vulgaris ELISA, and A. perfoliata, the association between each parasitological
outcome and various determinants (season, case/control, age, previous medical history, anthelmintic
routines, gastrointestinal diagnosis and pasture management factors) was evaluated in separate logistic
regression models (one per each specific combination of exposure and outcome). Additional analysis
using the Wilcoxon matched-pairs signed-rank test for S. vulgaris ELISA was performed as distribution
plots (using the original continuous data) for cases and controls, respectively, for each gastrointestinal
disease category as well as for all cases compared with all controls.

2.5.4. Multivariable Logistic Regression Analysis

Variables with a univariable p value < 0.2 were considered for subsequent inclusion in a
multivariable model. To avoid problems associated with collinearity, where variables were considered
to be measuring the same exposure or were shown to be highly correlated (Pearson correlation
coefficient > 0.8), the most statistically significant or biologically plausible variable was selected for
inclusion in the model. Five submodels were initially created for the following dependent variables:
cases/controls, strongyle fecal egg counts, S. vulgaris PCR, S. vulgaris ELISA, A. perfoliata. For each
model, all variables with p < 0.20 from the univariate analysis with the specific dependent variable
were added to create the full model. From each model, backward selection of variables was performed:
the variable with the highest p-value was removed, one at a time, until all variables remaining in the
model had p < 0.05.

3. Results

3.1. Data on Horses

A total of 137 cases and 137 controls were included in the study. A total of 66.7% of all presenting
gastrointestinal patients at the clinic during the period February 2017 to February 2018 were included
in the study. The mean and median ages of the cases and control horses were 10.8 (± SD 5.8) and
11 years and 10.2 (± SD 6.0) and 9 years, respectively, with a range of one to 25 years in both groups.
The control population consisted of 74 geldings (54.0%), 58 mares (42.3%) and five stallions (3.6%)
and the case population of 62 geldings (45.3%), 65 mares (47.4%) and 10 stallions (7.3%). There were
no statistical differences in either age (p = 0.53) or gender distribution (p = 0.83) between cases and
controls. The control horses were represented by 23 different breeds, the majority of which were
Warmbloods (54.7%), followed by pony breeds (16.8%), Icelandic Horses (7.3%), Thoroughbreds (5.8%),
draft breeds (4.4%), and Standardbreds (1.5%), with 9.5% consisting of various other breeds. Similarly,
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cases, consisting of 26 different breeds, were predominantly Warmbloods (40.1%), followed by Icelandic
Horses (15.3%), pony breeds (13.7%), Standardbreds (7.2%), draft breeds (6.6%) and Thoroughbreds
(4.4%), with 10.9% consisting of various other breeds.

3.2. Colic Diagnoses

The diagnoses of cases included impaction colic (large colon, small colon and cecal impactions)
(38.0%), acute colitis (10.2%), large intestinal displacement (9.5%), peritonitis (8.0%), gas distention colic
(5.8%), eosinophilic enteritis/colitis (3.6%), chronic colitis (2.2%), and other (7.3%). No specific diagnosis
was reached in 15.3% of the cases (Table 2). Age had no association with type of diagnosis, with
impaction colic common in all ages (p = 0.32). Of the horses diagnosed with peritonitis, the underlying
etiology was known in three cases; esophageal rupture (n = 1) and non-strangulating intestinal
infarction (n = 2). The remainder were classified as idiopathic. Abdominal surgery was performed in
12/137 cases (8.0%). Of the horses that had surgery performed, the final diagnoses were as follows:
large colon displacement (4), ileocecal invagination (2), equine eosinophilic gastroenteritis/enterocolitis
(2), non-strangulating intestinal infarction (2), gas distention colic (1) and undiagnosed (1). A total
of four (2.9%) cases were euthanised, all of which had had abdominal surgery. Of the horses that
had abdominal surgery and/or were euthanised, parasitic injuries were found in two cases, both of
which were diagnosed with S. vulgaris-associated non-strangulating intestinal infarction of the colon.
Both cases of ileocecal invagination had abdominal surgery without parasitic findings, e.g., A. perfoliata.
The final diagnoses and number of cases in each group are presented in Table 2.

Table 2. Distribution of gastrointestinal diagnoses in cases.

Diagnosis Number of Cases (% of Total Case Load)

Impaction (small colon, large colon, cecal) 52 (38.0%)
Acute colitis 14 (10.2%)

Large colon displacement 13 (9.5%)
Peritonitis 11 (8.0%)

Gas distention colic 8 (5.8%)
Equine eosinophilic gastroenteritis/enterocolitis (EEG) 5 (3.6%)

Chronic colitis 3 (2.2%)
Undiagnosed 21 (15.3%)

Other 10 (7.3%)

3.3. Assocation with Season

A total of 47 horses presented with colic during the winter months (December–February),
equivalent to a third (34.3%) of the total number of cases. The most common diagnoses made during
this season included different types of impaction colic (31.9%), intestinal displacement (17%), acute
colitis (12.8%), peritonitis (10.6%), and equine eosinophilic gastroenteritis/enterocolitis (6.4%). In spring
(March–May), 37 cases were included (27% of total caseload), the majority of which were impaction
colic (37.8%), peritonitis (10.8%) and intestinal displacement (8.1%). Fewer horses with gastrointestinal
disease presented during the summer, with 21 cases (15.3% of total caseload) during the months
June–August. Furthermore, during the summer, impaction colic (large intestinal) was most commonly
diagnosed (38%). Peritonitis, gas distention colic and acute colitis were each diagnosed in 9.5% of
the cases during these three months. Twenty-three percent of the total number of cases presented
during the autumn (September–November). Again, impactions were common and were diagnosed in
almost half of the colic cases during this time period (46.9%). The second and third most common
diagnoses during these months were acute colitis (15.6%) and gas distention colic (12.5%), respectively.
No peritonitis cases were diagnosed in the autumn. There was no statistical association with season
and the type of colic diagnosed (p = 0.32).
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3.4. Questionnaire Data

The owner of each horse participating in the study completed a questionnaire on previous
colic history, deworming routines and pasture management (Table 1). The overall questionnaire
response rate for cases was 92% (126/137) and for control horses, 98% (134/137); however, within the
questionnaire, the response rate varied depending on the questions asked (74.5%–98%). The results
from the questionnaire are presented in Tables 3–5.

3.5. Previous Medical History

Case horses had been owned by the present owner for a mean of 4.3 years (range of one month
to 25 years), and control horses had been in the present ownership for a mean of 4.9 years (range of
one month to 25 years). Of the cases, 50.4% (60/119) had previously reported episodes of colic, with
an average of 2.2 colic episodes prior to the study (range 1–12). The reported prevalence of previous
colic was 23.9% for the controls (32/134), with an average of 1.8 previous colic episodes (range 1–10).
Cases were significantly more likely to have had previous episodes of colic, compared to controls
(p < 0.01) (Table 3). A third of the cases (33.3%) had been attended by a veterinarian due to colic within
the previous 24 months, which was significantly more often compared with control horses (8.0%)
(p < 0.01). In addition, cases were more likely to have had diarrhea within the previous two months
compared to controls, although with a conservative Bonferroni correction approach, this difference did
not reach statistical significance (p = 0.03).

Table 3. Results of questionnaire data: owner-reported previous medical history of cases and controls
as outlined in a questionnaire presented after agreement of study participation. The p-value for
statistical significance was corrected for the number of analyses (n = 5) according to Bonferroni, i.e.,
p < 0.01 (0.05/5).

Information Cases Controls OR (95% C.I.) p-Value

Prevalence with previous history of colic a (%) 50.4% 23.9% 3.13 (1.83–5.35) <0.01
Number of previous colic episodes (mean ± SD) 2.2 (± 2.3) 1.8 (± 1.9) 1.09 (0.86–1.39) 0.47

Prevalence treated for colic during last 24 months (%) 33.3% 8% 5.73 (2.78–11.84) <0.01
Prevalence with diarrhea b during last 2 months 15.8% 7.5% 0.42 (0.18–0.94) 0.03

Prevalence with weight loss c during last 2 months 9.2% 6.0% 0.45 (0.18–1.10) 0.08
a restlessness and pawing at the ground, irritated kicking to the stomach, rolling or attempting to roll; b loose
consistency of feces; c as subjectively appreciated by owner.

3.6. Anthelmintic Routines

Deworming history was known in 88.9% (112/126) of cases and 98.5% (132/134) of controls that
responded to the questionnaire, although the overall response rate to individual anthelmintic routine
questions again varied (74.5%–98.5%). Anthelmintic treatment was performed at various times prior
to presentation: 0–3 months (18.9%), 3–6 months (25.4%), 6–12 months (31.1%) and over 12 months
(24.6%). There was no significant difference in time from deworming between cases and controls
(p = 0.46) (Table 4). Macrocyclic lactones (ML) was the anthelmintic group most commonly used
(59%) at the last treatment occasion. In detail, 41.7% had treated with ivermectin (IVM), 3.3% with
moxidectin (MOX), 14.2% with a combination of IVM/moxidectin and praziquantel (COMB), 5.4% with
pyrantel (PYR) and 3.3% had used fenbendazole (FBZ). Cases and controls showed a tendency to differ
in terms of which drug was used at the last treatment, with control horses more often treated with
IVM or COMB, and owners of cases, more often unable to recall the drug used (p = 0.02) (Table 4).
Overall, 32.1% of the owners did not remember which drug they had used on the most recent treatment
occasion (cases 43.8%, controls 24.2%).

In this data set, 28.8% of the horses were dewormed routinely without parasitic diagnostics being
performed, where 12.3% of the horses were dewormed once per year and 16.5% of the horses 2–4 times
per year. Selective treatment based on FECs was used by 35.8% of the owners, and 31.9% of owners

186



Animals 2020, 10, 638

used selective treatment based on both FECs and larval culture. Overall, 16% performed routine
diagnostics for A. perfoliata, but this was more common within the control group (18.7%) compared to
cases (13.5%). In addition, routine deworming 2–4 times per year was more often employed by owners
of control horses (20.2%) compared to cases (12.7%). However, there were no significant differences
between cases and controls in fecal diagnostics and deworming routines (p= 0.11–0.99) (Table 4).

One third of all horses were reported to have been infected with cyathostomins within the previous
24 months (cases 29.4%, controls 36.8%). In contrast, only 4.6% of horses were known to have been
positive for S. vulgaris during the same time period. Case horses showed a higher prevalence of
previous S. vulgaris infection (6.9% versus 2.6%), although this difference did not reach statistical
significance (p = 0.10). Infection with A. perfoliata and Parascaris spp. were rarely reported to have
occurred within the previous 24 months, and the data showed same frequency for both parasites
(1.4% (1.0% cases, 1.7% controls)), see Table 4. However, previous parasitic infection history was
unknown in the majority of horses (59.4% (61.8% cases, 57.3% controls)). Overall, previous parasitic
infection was not significantly different between cases and controls (p = 0.10–0.79).

Table 4. Result of questionnaire data: anthelmintic routines. The p-value for statistical significance was
corrected for the number of analyses (n = 4) according to Bonferroni, i.e., p < 0.01 (0.05/4).

Information Cases Controls p-Value

Time from last helmintic treatment (months) (%)
0–3 17.9% 19.7% 0.38
3–6 28.6% 22.7% 0.40

6–12 26.8% 34.8% 0.66
>12 26.8% 22.7% 0.51

For the variable (all time groups) cases/controls: 0.46
Drugs used at last treatment (%)

FBZ a 4.5% 2.3% 0.48
PYR b 3.6% 6.9% 0.16
MOX c 3.6% 3.1% 0.62
IVM d 35.5% 46.9% 0.21

COMB e 10% 17.7% 0.13
Unknown 42.7% 23.1% 0.94

For the variable (all drug groups) cases/controls: 0.02
Deworming routines applied on the farm (%)

(i) after FEC f 35.7% 35.8% 0.99
(ii) after FEC and S. vulgaris diagnostics 30.2% 33.6% 0.55

(iii) diagnostics for A. perfoliata at least once/year 13.5% 18.7% 0.26
(iv) routine deworming once/year 13.5% 11.1% 0.57

(v) routine deworming 2–4 times/year 12.7% 20.1% 0.11
Presence of parasites in fecal sample during last 24 months

Cyathostomins 29.4% 36.8% 0.13
S. vulgaris 6.9% 2.6% 0.10

A. perfoliata 1.0% 1.7% 0.79
Parascaris spp. 1.0% 1.7% 0.79
Do not know 61.8% 57.3% 0.31

a fenbendazole; b pyrantel; c ivermectin; d moxidectin; e ivermectin/moxidectin and praziquantel; f fecal egg count.

3.7. Pasture Management

Regarding pasture management, it was rare for owners to report the use of mixed or alternate
grazing with other species (9.8% (cases 10.6%, controls 9.0%)). However, the majority of owners
employed the use of separate winter and summer paddocks/grazing areas (64.0% (67.5% cases, 60.9%
controls)) (Table 5). Fecal removal was utilised overall by 46.2% of horse owners, with no statistical
difference between cases and controls (54.6% and 45.9%, respectively) (p = 0.17). However, only a small
proportion of owners declared that they removed feces at least twice weekly (7.1%), with almost two
thirds of owners (65.3%) reporting that they removed feces less often than once weekly.
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All horses had access to pasture during the summer months, with the majority (54.7%) kept at
pasture 24 h per day during the summer, with no significant difference in time at pasture during the
summer found between cases and controls (p = 0.96). Similarly, there were no differences found between
the two groups in the number of horses kept solely outdoors in the winter (p = 0.88). Cases were
more likely to be stabled > 12 h per day in the winter, compared to controls (65% compared to 55.6%),
although no statistical difference was found (p = 0.13).

Stocking density (hectare/horse) calculated from data regarding paddock size and number of
horses/paddocks, was similar between cases and controls in both winter and summer (p = 0.22–0.68)
(Table 5). The majority of horses, both cases and controls, were kept at stocking densities
providing < 0.4 hectare/horse (72.8% winter, 64.7% summer). Overall, season (winter/summer)
showed a significant difference in both time at pasture and stocking density, with more horses
stabled > 12 h/d and kept at stocking densities providing less than 0.4 hectare/horse during the winter
as compared to the summer (p < 0.01).

Table 5. Results of questionnaire data: pasture management. The p-value for statistical significance
was corrected for the number of analyses (n = 10) according to Bonferroni, i.e., p < 0.005 (0.05/10).

Information> Cases Controls p-Value

Access to separate summer/winter paddocks 67.5% 60.9% 0.27
Grazing with other animal species 10.6% 9.0% 0.67

Fecal removal
Fecal removal from pasture, overall 54.6% 45.9% 0.17

Fecal removal from pasture, ≥2x/week 5.9% 8.1% 0.33
Time stabled/outdoors

Outdoors 24 h/d, winter 14.2% 14.8% 0.88
Stabled > 12 h/d, winter 65% 55.6% 0.13

Outdoors 24h/d, summer 54.2 54.8% 0.96
Stabled > 12 h/d, summer 26.7% 26.7% 0.93

Stocking density
Stocking density, summer (hectare/horse) 0.6 0.8 0.68
Stocking density, winter (hectare/horse) 0.4 0.4 0.22

3.8. Multivariate Model for Cases and Controls

The multivariate logistic regression model investigating factors associated with being a case
resulted in a final model that included three variables: age, treated for colic during last 24 months and
stocking density. There was a significantly higher odds of being a case if treated for colic within the
last 24 months (OR 7.87 (95% C.I. 3.04–20.34), p < 0.001), when adjusting for stocking density and age.

3.9. Strongyle Fecal Egg Counts

The overall prevalence of strongyle eggs was 44.9% (123/274) and the prevalence was similar
between cases and controls, 47.4% and 42.3%, respectively. The majority, 67.5% (185/274), of the horses
were classified as low egg shedders (EPG ≤ 200), with 16.4% denoted as high shedders (>500 EPG).
The mean strongyle EPG was 238 ± SD 397 in the case group of which 55.5% (76/137) of the horses were
shedding ≤ 50 EPG. The mean strongyle EPG was 320 ± SD 688 in the control group of which 52.6%
(72/137) of the horses were shedding ≤ 50. Both the case group and the control group revealed similar
number of high egg shedding horses (>500 EPG), 18.2% (25/137) and 14.6% (20/137), respectively.
No statistical difference in the number of low, medium and high shedding horses between cases
and controls was found (p = 0.92). In the study population as a whole, age was associated with egg
shedding, with increasing age resulting in an increase in the number of low shedding horses and a
decrease in the number of high shedders (p < 0.01). No statistically significant association with season
and EPG level was found (p = 0.38).

Horses with a previous history of weight loss or diarrhea had higher average EPG levels
(426 ± SD 778 and 400 ± SD 530, respectively) compared to horses without such complaints (268 ± SD

188



Animals 2020, 10, 638

732 and 262 ± SD 544, respectively); however, these differences were not significant (p = 0.39–0.49).
EPG levels were not associated with gastrointestinal disease in general (p = 0.92) (Table 6), nor with a
particular colic diagnosis (p = 0.61).

EPG levels were lowest in horses most recently dewormed (0–3 months), with time since
deworming overall approaching a significant association with EPG levels (p = 0.01). However,
previously used anthelmintic drugs were not associated with egg shedding (p = 0.22). Although horses
whose owners employed the use of FECs, as opposed to regular deworming at least once/year, had
higher mean EPG levels, anthelmintic routine had no significant association with EPG level (p = 0.06).
The result of the previous fecal sample had no statistical relationship with EPG level (p = 0.50).

Horses kept in smaller enclosures during the winter, often on their own, were more likely to be
low shedders, compared with horses kept in larger paddocks but with more companions, although no
statistical significance was shown (p = 0.01). No such trend was observed during the summer (p = 0.22).
Time at pasture, either in the winter or summer, did not influence EPG levels (p = 0.07–0.49).

Table 6. Fecal and serology results in cases and controls. The p-value for statistical significance was
corrected for the number of analyses (n = 4) according to Bonferroni, i.e., p < 0.01 (0.05/4).

Investigated Parameter Cases n (%) Controls n (%) p-Value

EPG a level LOW 93 (67.9%) 92 (67.1%)
0.92EPG a level MEDIUM 19 (13.9%) 25 (18.2%)

EPG a level HIGH 25 (18.3%) 20 (14.6%)
S. vulgaris PCR 7 (5.2%) 8 (5.8%) 0.80

S. vulgaris ELISA 75 (61.5%) 86 (62.8%) 0.83
A. perfoliata 17 (12.4%) 26 (19.0%) 0.14

a EPG, eggs per gram of feces.

3.10. Strongylus Vulgaris PCR

Seven horses in the case group and eight horses in the control group were PCR positive for
S. vulgaris. The overall occurrence of S. vulgaris in this study was 5.5% (15/274). Seven of these 15 horses
(46.7%) were defined as low egg shedders with EPG ≤ 200. Age showed no significant association with
the number of positive horses (p = 0.46). Fewer positive horses were demonstrated during the winter
months, compared to the other seasons, although no statistical association with season was shown
(p = 0.05).

The majority, 80% (12/15), of the S. vulgaris-positive horses were dewormed either between
6–12 months or ≥ 12 months prior to fecal sampling, with almost half (7/15, 46.7%) of the positive horses
having been dewormed with an unknown anthelmintic product > 12 months ago. Two horses were
dewormed with a macrocyclic lactone (ML) within 3–6 months but were still positive for S. vulgaris.
In addition, four horses were dewormed either once (3/15) or 2–4 times (1/15) a year but were also
positive for S. vulgaris. None of the horses that were positive for S. vulgaris had reported a positive
previous fecal sample for their last sample.

In the S. vulgaris PCR positive group, only 20.0% (3/15) of owners (compared to 31.9% overall in the
study sample) utilised larval culture at least once yearly, with more horses (46.0%) regularly diagnosed
by only performing FECs as compared to the study population as a whole (35.8%). Likewise, horses
regularly dewormed once per year were more likely to be positive for S. vulgaris compared to horses
that received anthelmintic treatment 2–4 times per year and to horses, where specific diagnostics for
S. vulgaris were used. The majority of owners that performed diagnostics for A. perfoliata, also screened
for S. vulgaris (78.6%). However, the number of horses positive for S. vulgaris in each group was low,
making true comparisons difficult and no statistically significant association with anthelmintic routine
and the number of positive horses was found (p = 0.32). There was no association between a positive
PCR and gastrointestinal disease (p = 0.80) (Table 6) or with a specific diagnosis (p = 0.76).

Neither stocking density nor hours at pasture had a significant association with the number of
S. vulgaris-positive horses (p = 0.42–0.80).
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3.11. Strongylus vulgaris ELISA

The total S. vulgaris seroprevalence in this study was 62.2% (161/259). Serum was unavailable in
15 cases. No statistical differences between cases and controls in a number of horses positive in the
ELISA test was shown (p = 0.83) (Table 6). However, when the separate gastrointestinal diagnoses
were compared to controls matched by time of presentation, horses diagnosed with peritonitis showed
significantly higher ELISA scores, expressed as a percentage of positive control, than their matched
controls (p < 0.02) (Figure 1).
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Figure 1. A boxplot illustrating the quantitative enzyme-linked immunosorbent assay (ELISA) values
for each colic diagnosis compared with their matched controls. The bold line indicates median,
the dotted line indicates the cut-off (13.47) value for positive ELISA.

Overall, there was a trend towards a greater prevalence of positive ELISA tests in older horses
(>20) compared to young individuals (≤2 years) (81.3% and 44.4%, respectively), but this difference
did not reach significance (p = 0.04). Overall, age had no significant association with ELISA score
(p = 0.37). A lower prevalence was observed during the spring (60%) as compared to the rest of the year
(71.4%–81.7%), but overall there was no significant association with season on ELISA score (p = 0.17).

Of the ELISA positive horses, 39.8% (64/161) were regularly diagnosed only performing FEC,
29.8% (48/161) of the horses performed FEC combined with S. vulgaris diagnostics, 16.1% (26/161)
of the horses were dewormed 2–4 times/year and 8.7% (14/161) of the horses were dewormed on a
yearly basis. Horses dewormed based on FECs without further diagnostics were more likely to have
a positive ELISA score, compared to other anthelmintic routines, although using the conservative
Bonferroni correction, statistical significance was not shown (p = 0.02). Neither the time from last
anthelmintic treatment nor the drug used was associated with a positive ELISA result (p = 0.37–0.81).

Stocking density in either season had no significant association with number of positive horses
(p = 0.77–0.90). Time at pasture during the summer was shown to have a significant association with
the outcome of the ELISA test (p < 0.01), but no such association was demonstrated during the winter
(p = 0.51).

3.12. Anoplocephala perfoliata

A total of 15.7% (43/274) of the horses were positive for A. perfoliata. Seventeen horses (12.4%)
were positive for A. perfoliata in the case group and 26 horses (19.0%) in the control group, with no
significant difference between the two groups (p = 0.14). Age had no significant association with
A. perfoliata prevalence (p = 0.12). Although the highest number of positive horses was found in the
spring (44.2%), no statistically significant seasonal differences were observed (p = 0.05).
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No association between gastrointestinal disease and a positive A. perfoliata sample was
demonstrated (p = 0.14) (Table 6). In addition, no specific gastrointestinal diagnosis was associated with
a positive A. perfoliata sample (p = 0.96). Of the only two cases diagnosed with ileocecal invagination,
fecal samples were negative for A. perfoliata and no tapeworms were found during abdominal surgery.

The time since last deworming was not associated with a positive test for A. perfoliata (p = 0.92).
Three horses were positive for A. perfoliata despite treatment with ML combined with praziquantel
within the last 3–6 months and for one horse, within 0–3 months. Another horse had been treated
with this combination within 6–12 months of fecal sampling. Previous anthelmintic drug use had no
overall significant association with the occurrence of A. perfoliata (p = 0.06). Eight of the 43 positive
horses (18.6%) were normally analysed for A. perfoliata on a yearly basis. The group with the highest
proportion of individuals positive for A. perfoliata, were horses whose owners reported the use of specific
diagnostics for tapeworm. However, no horse that had a previous sample positive for A. perfoliata, had
a positive fecal sample in the study. Overall, there was no significant association with anthelmintic
routine used and a positive test for A. perfoliata (p = 0.20).

Although horses with at least 12 h of pasture/paddock access, regardless of time of year, had a
higher prevalence of A. perfoliata, no statistically significant association with hours at pasture was
shown (p = 0.04–0.06). The majority of positive horses were kept in paddocks allowing less than
0.4 hectares/horse, but no significant association with stocking density on A. perfoliata prevalence was
demonstrated (p = 0.10–0.67).

3.13. Multivariate Model for Parasite Outcome

The multivariate ordered logistic regression model investigating factors associated with the fecal
egg count in categories of low, medium and high egg shedders, resulted in a final model that included
four variables: season, stocking density, any previous history of colic and time since deworming
(p < 0.05 for all). There was an increased odds of a higher fecal egg category when time since
deworming increased, with a 7.3 (95% C.I. 2.2 –24.1; p = 0.001) times increase in risk found when
a horse had received anthelmintic treatment 6–12 months prior to presentation, compared to being
treated within 0–3 months, when adjusting for season, stocking density in the winter and known
history of previous colic.

When investigated factors associated with a positive PCR result for S. vulgaris, the multivariate
ordered logistic regression model resulted in one variable: time since deworming. Deworming more
than six months prior to sampling, as compared to treatment less than six months before presentation,
resulted in an increased likelihood of a positive S. vulgaris PCR of 4.4 (95% CI 1.20–15.80; p = 0.025).

A multivariate ordered logistic regression for a positive S. vulgaris ELISA outcome resulted in a
final model that included three variables: time in ownership, stabling > 12 h/d in the summer and
deworming only after FECs. Deworming using only FECs was associated with an increased risk of
a positive test, when adjusting for time of ownership and stabling > 12 h/d in the summer (OR 2.3
(95% C.I. 1.3–4.1; p = 0.025)).

Factors investigated to be associated with presence of A. perfoliata, resulted in a final model that
included two variables: season and stabled > 12 h/d in the winter. The odds for the presence of
A. perfoliata in a fecal sample was 2.8 times higher (95% C.I. 1.2–6.4; p = 0.035) in March–May when
adjusting for time stabled in the winter.

4. Discussion

The present study demonstrated a high percentage of horses (cases and controls) were positive in
the S. vulgaris ELISA test, amounting to almost two thirds of the horses included, indicating a high
frequency of exposure to large strongyles in the population studied. The ELISA test assesses IgG (T)
antibodies in S. vulgaris excretory proteins with a relatively high specificity (81%), and appears to
reflect current infection or recent exposure, within the previous five months [31,34]. The number of
positive horses in this study may be a surprisingly high figure, given the low individual S. vulgaris
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prevalence found using fecal PCR analyses (5.5%), but it is equivalent to the recently shown farm
prevalence of S. vulgaris (61%) in Sweden [22].

Given the known pathogenicity of S. vulgaris, horses diagnosed with peritonitis were considered
of particular interest to a possible S. vulgaris etiology. One case in this group was excluded due to the
reason that peritonitis was known (esophageal perforation). However, two cases of peritonitis were
confirmed on necropsy to have been caused by non-strangulating infarction secondary to S. vulgaris
thrombosis. The remaining eight cases of peritonitis were classified as idiopathic and responded
successfully to antimicrobial treatment, but none of these cases underwent exploratory laparotomy or
necropsy. In addition to causing non-strangulating intestinal lesions, S. vulgaris has also been suggested
as a possible cause of Actinobacillus equuli peritonitis, the most common bacterium isolated from horses
presenting with idiopathic peritonitis [35]. The causal relationship, however, cannot be confirmed
using fecal analyses, given that peritonitis associated with S. vulgaris would be due to the migrating
larval stages and not the adult form of the parasite, and therefore before egg excretion is expected.
None of the horses presenting with peritonitis in the present study were PCR positive for S. vulgaris.
However, in the peritonitis group, the percentage of horses positive for the ELISA test was significantly
higher (77.8%) than overall, with only two cases being negative (serum was missing in one case).
In addition, horses diagnosed with peritonitis had significantly higher ELISA scores as compared to
matched controls, which could be suggestive of an S. vulgaris etiology (p < 0.02). S. vulgaris-specific
antibodies have been shown to be strongly associated with non-strangulating intestinal infarction,
resulting in septic peritonitis; however, not with other types of colic [6,36]. The cause of eosinophilic
intestinal lesions is still under debate, and previous studies do not convincingly demonstrate a parasitic
etiology [37,38]. Nonetheless, it is interesting to observe that, although few cases were included, all but
one case with an eosinophilic intestinal lesion were also positive in the ELISA test (80%, 4/5). In one
case of eosinophilic enteritis, although no S. vulgaris larvae were found, thrombosed vessels were
observed adjacent to the lesion.

In agreement with other case–control studies, no significant differences in parasitological status
could be demonstrated using coprological assays between horses presenting with gastrointestinal
disease in general and controls [16,36,39]. Overall, the fecal prevalence of S. vulgaris as assessed by
PCR analyses and the presence of cyathostomins and A. perfoliata eggs were either lower or comparable
to previously published prevalences of these equine intestinal parasites, as outlined below.

Although a possible role in colic incidence has been suggested [40], cyathostomins appear to be
well tolerated without causing disease in most cases, apart from the well-known syndrome of larval
cyathostominosis in young animals [12,13]. As in the present study, a recent publication showed no
differences in strongyle EPG between non-surgical colic cases and controls [16]. Previous studies
have, however, shown an association of cyathostomins with weight loss and diarrhea [12,15,41,42].
In the present study, although horses with a previous history of diarrhea or weight loss within
the last two months had higher average EPG levels compared to the rest of the study population,
there was considerable variation in EPG levels and this difference was not significant. In the case
group, only two cases (2/14) of acute colitis and one case (1/3) of chronic colitis were high shedders
(EPG > 500). There are, however, several causes of colitis in horses [43], and even in diarrhea caused by
cyathostomins, fecal egg counts are often negative, with the L4 stage present in the feces instead [12,41].
In addition, it has been shown that neither egg nor larval counts correlate well with the horse´s actual
worm burden [44].

The prevalence of A. perfoliata reported here is in accordance with a previous Swedish case–control
study that showed positive samples in 13% (18/134) of horses [11]. Previous studies have shown
conflicting results regarding the association of tapeworm infection and general colic [7]. However,
A. perfoliata has consistently shown to be associated with ileocecal lesions [8,10,45–49]. The present
study included few cases with confirmed ileocecal lesions (2/137) and was thus unable to demonstrate
such a relationship.
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No differences in parasite control strategies between cases and controls were found in the present
study. ML was the most commonly used anthelmintic group overall, in accordance with several
previous publications from various countries [50–55]. However, within the study population as a
whole, differences in anthelmintic routines were present, with 28.8% of the owners deworming their
horses on a routine basis without prior parasitic diagnostics. Likewise, in a recently published study
21% of Swedish horse-owners employed routine anthelmintic treatment 1–4 times yearly, without using
coproscopic analyses [22]. However, before the prescription-only legislation was implemented, only
1% of owners were reported to use fecal analyses [25]. National differences in anthelmintic routines
were recently described, with Denmark showing a much greater use of FECs than Austria, Netherlands,
Germany and the United States [19]. Interestingly, the frequencies of use of FECs were very low (1.8%
and 3.1%, respectively) in Germany and Austria, although these countries have allowed only the
use of prescription anthelmintic drugs since 1975. In Denmark, where the concept was introduced
in 1999, the figure was 50% [19]. One reason for this discrepancy was suggested to be differences in
administration of the law and perhaps how rigidly the legislation was adhered to [19]. Thus, although
almost a third of the owners in the present study did not use fecal analyses, compared to the above
countries, the current use of FECs in Sweden appears comparatively high and shows a clear increase
since selective treatment was enforced. However, it has to be noted that only approximately one third
of owners declared the use of specific diagnostics for S. vulgaris, which is concerning, given that, in
the present study, the use of FECs alone to determine the need for anthelmintic treatment, without
further diagnostics, was associated with an increased odds of horses being positive in the S. vulgaris
ELISA test.

Regular deworming, once or twice yearly, has been suggested to provide adequate control of
S. vulgaris [21,56]. However, in the present study, although S. vulgaris was more common in horses
dewormed six months or more prior to sampling, with time since deworming increasing the odds of a
positive S. vulgaris sample, a total of six positive horses (40%) had either been dewormed within six
months of sampling or were regularly dewormed at least once yearly. A post-mortem study in Sardinian
horses demonstrated parasite-induced lesions in the cranial mesenteric arteries in all 46 horses in
the study, and S. vulgaris larvae in 39%, despite treatment with broad-spectrum anthelmintic drugs
at least three times per year [24]. Also, a recent study in Kentucky showed a high level of exposure
to S. vulgaris, with 95/128 of horses being ELISA positive, despite treatment with anthelmintics on
average twice yearly [57]. Considering clinical signs of disease may occur in as early as 2–4 months
after infection [58], re-infection resulting in disease is possible despite regular anthelmintic treatment,
and indicates that targeting the infected pasture is critical in management, and that eradication of
S. vulgaris is unlikely using annual or bi-annual anthelmintic treatment, if horses are still allowed to
graze in contaminated pastures. In addition, an experimental study in foals indicated that ivermectin
may have little or no effect against migrating L5 larvae [59], suggesting that treatment may be less
effective than often assumed.

Similar to a previous study on parasite control strategies in Sweden [25], only a minority of owners
used alternating grazing species (9.8%), one method to reduce pasture contamination. This is low
compared to some countries, such as Ireland, where co-grazing was used by the majority of owners [55].
However, most owners in the present study employed the use of separate winter and summer grazing
areas. The regular use of fecal removal from the pasture can be an effective method to reduce parasite
burden [60,61] and may be as effective as regular anthelmintic treatment, if performed twice weekly [61].
In the present study, although almost half of the owners reported removing feces from the pasture or
paddock, only a minority did so at least twice weekly. The effect of fecal removal done more seldom
than once weekly, which was the case in almost two thirds (65.4%) of owners that removed feces,
is most likely poor, given that infective larvae will develop from excreted eggs within 2–3 weeks in
spring and fall, and in as short as three days under ideal conditions [62]. In addition, most horses, both
cases and controls, were kept at high stocking densities, provided with < 0.4 hectare/horse both in
summer and winter. A high stocking density, with a large number of horses in paddocks of limited
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space, increases the risk of parasitic infections [63], and, in general, 1–2 acres/horse (corresponding to
0.4–0.8 hectare) is recommended [64].

Given the prospective nature, the study population in the present study was dependent on
whichever gastrointestinal cases presented to the hospital within the set time-frame and, gastrointestinal
diagnoses of particular interest with regards to a parasitic etiology, such as non-strangulating intestinal
infarctions and ileo-cecal lesions, were, unfortunately, few. In addition, the study included a relatively
small number of severe and/or surgical cases, probably because such cases required more urgent
attention, resulting in lower consideration for study participation.

5. Conclusions

In conclusion, the present study demonstrated a high level of exposure of Swedish horses to
S. vulgaris, as shown by the majority of horses, both cases and controls, being positive in the ELISA test.
In addition, horses with peritonitis had significantly higher ELISA values as compared to controls and
other gastrointestinal diagnoses, suggestive of an S. vulgaris etiology in this case group. Future studies
addressing the association of S. vulgaris and peritonitis in the Swedish horse population is highly
desirable, in order to further elucidate the clinical implication of the increasing prevalence of S. vulgaris
in this country.

Furthermore, the present study revealed important information regarding the current use of
anthelmintic treatment regimes in Sweden. For example, although the study showed a clear increase
in the use of fecal analyses compared with before the prescription-only law was implemented, such
legislation does not, per se, result in all owners using fecal diagnostics prior to treatment. The use
of specific diagnostics is still low, indicating a need for education, of both owners and the veterinary
profession, on how to best apply the diagnostic tools available. Treating horses annually or bi-annually,
did not ensure a negative test result for S. vulgaris. Moreover, the study revealed that stocking intensity
is often high and practices such as frequent fecal removal or co-grazing with other species were rarely
performed. Thus, in addition, educating owners regarding optimal pasture management appears vital.
In the advent of the increasing resistance to the anthelmintic drugs available together with the increase
in prevalence of S. vulgaris, strategies for sustainable control of equine internal parasites are urgently
needed, including pasture management.

Author Contributions: This study was performed within a larger project, where E.T. and E.O.-L. are PI.
The individual contributions in the present study were as follows: conceptualization Y.H.-A., E.T., J.P., M.R.,
E.O.-L. and methodology E.T., Y.H.-A., J.P., E.O.-L., M.K.N., M.R.; software Y.H.-A., J.P., E.T.; validation Y.H.-A.,
J.P., E.T.; formal analysis Y.H.-A., J.P., E.T.; investigation Y.H.-A., E.T., E.O.-L., M.R.; resources E.T. E.O.-L.; data
curation Y.H.-A., J.P., E.T.; writing—original draft preparation Y.H.-A., E.T., J.P.; writing—Y.H.-A., E.T., J.P.; M.K.N.,
E.O.-L. visualization Y.H.-A., E.T., and J.P.; project administration E.T., M.R., Y.H.-A.; funding acquisition E.T.,
E.O.-L. All authors have read and agreed to the published version of the manuscript.

Funding: This study was supported by the Foundation for Swedish and Norwegian Equine Research H-15-47-097.

Acknowledgments: We are greteful for the collaboration with the personel at the Equine Veterinary Clinic at SLU
and all horseowners participating in this study.

Conflicts of Interest: The authors declare no conflict of interest. The funders played no role in the design of the
study; in the collection, analyses, or interpretation of data; in writing the manuscript; or in the decision to publish
the results.

References

1. Tinker, M.K.; White, N.A.; Lessard, P.; Thatcher, C.D.; Pelzer, K.D.; Davis, B.; Carmel, D.K. Prospective study
of equine colic risk factors. Equine Vet. J. 1997, 29, 454–458. [CrossRef]

2. Reinemeyer, C.R.; Nielsen, M.K. Parasitism and colic. Vet. Clin. N. Am. Equine Pract. 2009, 25, 233–245.
[CrossRef]

3. Curtis, L.; Burford, J.H.; England, G.C.W.; Freeman, S.L. Risk factors for acute abdominal pain (colic) in the
adult horse: A scoping review of risk factors, and a systematic review of the effect of management-related
changes. PLoS ONE 2019, 14, e0219307. [CrossRef]

194



Animals 2020, 10, 638

4. Drudge, J.H.; Lyons, E.T. Control of internal parasites of the horse. J. Am. Vet. Med. Assoc. 1966, 148, 378–383.
5. Duncan, J.L.; Pirie, H.M. The pathogenesis of single experimental infections with Strongylus vulgaris in foals.

Res. Vet. Sci. 1975, 18, 82–93. [CrossRef]
6. Pihl, T.H.; Nielsen, M.-K.; Olsen, S.N.; Leifsson, P.S.; Jacobsen, S. Nonstrangulating intestinal infarctions

associated with Strongylus vulgaris: Clinical presentation and treatment outcome of 30 horses (2008–2016).
Equine Vet. J. 2018, 50, 474–480. [CrossRef]

7. Nielsen, M.K. Equine tapeworm infections—Disease, diagnosis, and control. Equine Vet. Educ. 2016, 28,
388–395. [CrossRef]

8. Pavone, S.; Veronesi, F.; Piergili Fioretti, D.; Mandara, M.T. Pathological changes caused by Anoplocephala
perfoliata in the equine ileocecal junction. Vet. Res. Commun. 2010, 34, 53–56. [CrossRef]

9. Pavone, S.; Veronesi, F.; Genchi, C.; Fioretti, D.P.; Brianti, E.; Mandara, M.T. Pathological changes caused
by Anoplocephala perfoliata in the mucosa/submucosa and in the enteric nervous system of equine ileocecal
junction. Vet. Parasitol. 2011, 176, 43–52. [CrossRef]

10. Proudman, C.J.; French, N.P.; Trees, A.J. Tapeworm infection is a significant risk factor for spasmodic colic
and ileal impaction colic in the horse. Equine Vet. J. 1998, 30, 194–199. [CrossRef]

11. Back, H.; Nyman, A.; Osterman Lind, E. The association between Anoplocephala perfoliata and colic in Swedish
horses–a case control study. Vet. Parasitol. 2013, 197, 580–585. [CrossRef] [PubMed]

12. Lyons, E.T.; Drudge, J.H.; Tolliver, S.C. Larval cyathostomiasis. Vet. Clin. N. Am. Equine Pract. 2000, 16,
501–513. [CrossRef]

13. Mair, T.S. Outbreak of larval cyathostomiasis among a group of yearling and two-year-old horses. Vet. Rec.
1994, 135, 598–600.

14. Murphy, D.; Love, S. The pathogenic effects of experimental cyathostome infections in ponies. Vet. Parasitol.
1997, 70, 99–110. [CrossRef]

15. Love, S.; Murphy, D.; Mellor, D. Pathogenicity of cyathostome infection. Vet. Parasitol. 1999, 85, 113–122.
[CrossRef]

16. Stancampiano, L.; Usai, F.; Marigo, A.; Rinnovati, R. Are small strongyles (Cyathostominae) involved in
horse colic occurrence? Vet. Parasitol. 2017, 247, 33–36. [CrossRef]

17. Kaplan, R.M. Anthelmintic resistance in nematodes of horses. Vet. Res. 2002, 33, 491–507. [CrossRef]
18. Von Samson-Himmelstjerna, G. Anthelmintic resistance in equine parasites—Detection, potential clinical

relevance and implications for control. Vet. Parasitol. 2012, 185, 2–8. [CrossRef]
19. Becher, A.M.; van Doorn, D.C.; Pfister, K.; Kaplan, R.M.; Reist, M.; Nielsen, M.K. Equine parasite control

and the role of national legislation—A multinational questionnaire survey. Vet. Parasitol. 2018, 15, 259–612.
[CrossRef]

20. SJVFS 2010:17 24 § Legislations (In Swedish) Swedish Board of Agriculture. Available online: http:
//www.jordbruksverket.se/forfattningar/forfattningssamling (accessed on 26 March 2019).

21. Nielsen, M.K.; Vidyashankar, A.N.; Olsen, S.N.; Monrad, J.; Thamsborg, S.M. Strongylus vulgaris associated
with usage of selective therapy on Danish horse farms-is it reemerging? Vet. Parasitol. 2012, 189, 260–266.
[CrossRef]

22. Tydén, E.; Larsen Enemark, H.; Andersson Franko, M.; Höglund, J.; Osterman-Lind, E. Prevalence of
Strongylus vulgaris in horses after ten years of prescription usage of anthelmintics in Sweden. Vet. Parasitol.
2019, 2, 100013. [CrossRef]

23. Stancampiano, L.; Mughini Gras, L.; Poglayen, G. Spatial niche competition among helminth parasites in
horse’s large intestine. Vet. Parasitol. 2010, 170, 88–95. [CrossRef] [PubMed]

24. Pilo, C.; Altea, A.; Pirino, S.; Nicolussi, P.; Varcasia, A.; Genchi, M.; Scala, A. Strongylus vulgaris (Looss, 1900)
in horses in Italy: Is it still a problem? Vet. Parasitol. 2012, 184, 161–167. [CrossRef] [PubMed]

25. Osterman Lind, E.; Rautalinko, E.; Uggla, A.; Waller, P.J.; Morrison, D.A.; Höglund, J. Parasite control
practices on Swedish horse farms. Acta Vet. Scand. 2007, 49, 25. [CrossRef]

26. Swedish National Veterinary Institute. 2018. Avmaskning av häst. (In Swedish). Available online:
http://www.sva.se/djurhalsa/hast/parasiter-hos-hast/avmaskning-av-hast (accessed on 3 March 2020).

27. Coles, G.C.; Bauer, C.; Borgsteede, F.H.; Geerts, S.; Klei, T.R.; Taylor, M.A.; Waller, P.J. World Association
for the Advancement of Veterinary Parasitology (W.A.A.V.P.) methods for the detection of anthelmintic
resistance in nematodes of veterinary importance. Vet. Parasitol. 1992, 44, 35–44. [CrossRef]

195



Animals 2020, 10, 638

28. Bellaw, J.L.; Nielsen, M.K. Evaluation of Baermann apparatus sedimentation time on recovery of Strongylus
vulgaris and Strongylus edentatus third stage larvae from equine coprocultures. Vet. Parasitol. 2015, 211,
99–101. [CrossRef]

29. Van Wyk, J.A.; Mayhew, E. Morphological identification of parasitic nematode infective larvae of small
ruminants and cattle: A practical lab guide. Onderstepoort J. Vet. Res. 2013, 80, 539. [CrossRef]

30. Nielsen, M.K.; Peterson, D.S.; Monrad, J.; Thamsborg, S.M.; Olsen, S.N.; Kaplan, R.M. Detection and
semi-quantification of Strongylus vulgaris DNA in equine faeces by real-time quantitative PCR. Int. J. Parasitol.
2008, 38, 443–453. [CrossRef]

31. Beroza, G.A.; Marcus, L.C.; Williams, R.; Bauer, S.M. Laboratory diagnosis of Anoplocephala perfoliata infection
in horses. Proc. Am. Assoc. Equine Pract. 1987, 32, 435–439.

32. Andersen, U.V.; Howe, D.K.; Dangoudoubiyam, S.; Toft, N.; Reinemeyer, C.R.; Lyons, E.T.; Olsen, S.N.;
Monrad, J.; Nejsum, P.; Nielsen, M.K. SvSXP: A Strongylus vulgaris antigen with potential for prepatent
diagnosis. Parasites Vectors 2013, 6, 84. [CrossRef]

33. Nielsen, M.; Mittel, L.; Grice, A.; Erskine, M.; Graves, E.; Vaala, W.; Tully, R.; French, D.; Bowman, R.;
Kaplan, R. AAEP Parasite Control Guidelines; American Association of Equine Practitioners: Lexington, KY,
USA, 2016.

34. Nielsen, M.K.; Vidyashankar, A.N.; Bellaw, J.; Gravatte, H.S.; Cao, X.; Rubinson, E.F.; Reinemeyer, C.R.
Serum Strongylus vulgaris-specific antibody responses to anthelmintic treatment in naturally infected horses.
Parasitol Res. 2015, 114, 445–451. [CrossRef]

35. Matthews, S.; Dart, A.J.; Dowling, B.A.; Hodgson, J.L.; Hodgson, D.R. Peritonitis associated with Actinobacillus
equuli in horses: 51 cases. Aust. Vet. J. 2001, 79, 536–539. [CrossRef]

36. Nielsen, M.K.; Jacobsen, S.; Olsen, S.N.; Bousquet, E.; Pihl, T. Nonstrangulating intestinal infarction associated
with Strongylus vulgaris in referred Danish equine cases. Equine Vet. J. 2016, 48, 376–379. [CrossRef]

37. Rötting, A.K.; Freeman, D.E.; Constable, P.D.; Moore, R.M.; Eurell, J.C.; Wallig, M.A.; Hubert, J.D. The effects
of Strongylus vulgaris parasitism on eosinophil distribution and accumulation in equine large intestinal
mucosa. Equine Vet. J. 2008, 40, 379–384. [CrossRef]

38. Olofsson, K.M. Immunopathological Aspects of Equine Inflammatory Bowel Disease. Ph.D. Thesis, Swedish
University of Agricultural Sciences, Uppsala, Sweden, 2016.

39. Trotz-Williams, L.; Physick-Sheard, P.; McFarlane, H.; Pearl, D.L.; Martin, S.W.; Peregrine, A.S. Occurrence of
Anoplocephala perfoliata infection in horses in Ontario, Canada and associations with colic and management
practices. Vet. Parasitol. 2008, 153, 73–84. [CrossRef]

40. Uhlinger, C. Effects of three anthelmintic schedules on the incidence of colic in horses. Equine Vet. J. 1990, 22,
251–254. [CrossRef]

41. Smets, K.; Shaw, D.J.; Deprez, P.; Vercruysse, J. Diagnosis of larval cyathostominosis in horses in Belgium.
Vet. Rec. 1999, 144, 665–668. [CrossRef]

42. Steinbach, T.; Bauer, C.; Sasse, H.; Baumgärtner, W.; Rey-Moreno, C.; Hermosilla, C.; Damriyasa, I.M.;
Zahner, H. Small strongyle infection: Consequences of larvicidal treatment of horses with fenbendazole and
moxidectin. Vet. Parasitol. 2006, 139, 115–131. [CrossRef]

43. Larsen, J. Acute colitis in adult horses. A review with emphasis on aetiology and pathogenesis. Vet. Q. 1997,
19, 72–80. [CrossRef] [PubMed]

44. Nielsen, M.K.; Baptiste, K.E.; Tolliver, S.C.; Collins, S.S.; Lyons, E.T. Analysis of multiyear studies in horses in
Kentucky to ascertain whether counts of eggs and larvae per gram of feces are reliable indicators of numbers
of strongyles and ascarids present. Vet. Parasitol. 2010, 74, 77–84. [CrossRef]

45. Nilsson, O.; Ljungström, B.L.; Höglund, J.; Lundquist, H.; Uggla, A. Anoplocephala perfoliata in horses in
Sweden: Prevalence, infection levels and intestinal lesions. Acta Vet. Scand. 1995, 36, 319–328. [PubMed]

46. Proudman, C.J.; Edwards, G.B. Validation of a centrifugation/flotation technique for the diagnosis of equine
cestodiasis. Vet. Rec. 1992, 131, 71–72. [CrossRef]

47. Proudman, C.J.; Edwards, G.B. Are tapeworms associated with equine colic? A case control study. Equine Vet. J.
1993, 25, 224–226. [CrossRef] [PubMed]

48. 48 Ryu, S.H.; Bak, U.B.; Kim, J.G.; Yoon, H.J.; Seo, H.S.; Kim, J.T.; Park, J.Y.; Lee, C.W. Cecal rupture by
Anoplocephala perfoliata infection in a thoroughbred horse in Seoul Race Park, South Korea. J. Vet. Sci. 2001, 3,
189–193. [CrossRef]

196



Animals 2020, 10, 638

49. Little, D.; Blikslager, A.T. Factors associated with development of ileal impaction in horses with surgical
colic: 78 cases (1986–2000). Equine Vet. J. 2002, 34, 464–468. [CrossRef] [PubMed]

50. Hinney, B.; Wirtherle, N.C.; Kyule, M.; Miethe, N.; Zessin, K.H.; Clausen, P.H. A questionnaire survey on
helminth control on horse farms in Brandenburg, Germany and the assessment of risks caused by different
kinds of management. Parasitol. Res. 2011, 109, 1625–1635. [CrossRef]

51. Robert, M.; Hu, W.; Nielsen, M.K.; Stowe, C.J. Attitudes towards implementation of surveillance-based
parasite control on Kentucky Thoroughbred farms—Current strategies, awareness and willingness-to-pay.
Equine Vet. J. 2015, 476, 694–700. [CrossRef]

52. Stratford, C.H.; Lester, H.E.; Morgan, E.R.; Pickles, K.J.; Relf, V.; McGorum, B.C.; Matthews, J.B.
A questionnaire study of equine gastrointestinal parasite control in Scotland. Equine Vet. J. 2014, 46,
25–31. [CrossRef]

53. Sallé, G.; Cabaret, J. A survey on parasite management by equine veterinarians highlights the need for a
regulation change. Vet. Rec. Open. 2015, 2, e000104. [CrossRef]

54. Nielsen, M.K.; Branan, M.A.; Wiedenheft, A.M.; Digianantonio, R.; Scare, J.A.; Bellaw, J.L.; Garber, L.P.;
Kopral, C.A.; Phillippi-Taylor, A.M.; Traub-Dargatz, J.L. Anthelmintic efficacy against equine strongyles in
the United States. Vet. Parasitol. 2018, 259, 53–60. [CrossRef]

55. Elghryani, N.; Duggan, V.; Relf, V.; de Waal, T. Questionnaire survey on helminth control practices in horse
farms in Ireland. Parasitology 2019, 146, 873–882. [CrossRef] [PubMed]

56. A Guide to the Treatment and Control of Equine Gastrointestinal Parasite Infections ESCCAP Guidelines, 1st ed.;
ESCCAP: Malvern, UK, 2018; ISBN 978-1-907259-70-8.

57. Scare, J.A.; Steuer, A.E.; Gravatte, H.; Kálmán, C.S.; Ramires, L.; Dias de Castro, L.L.; Norris, J.; Miller, F.;
Camargo, F.; Lawyer, A.; et al. Management practices associated with strongylid parasite prevalence on
horse farms in rural counties of Kentucky. Vet. Parasitol. 2018, 14, 25–31. [CrossRef] [PubMed]

58. Borji, H.; Moosavi, Z.; Ahmadi, F. Cranial mesenteric arterial obstruction due to Strongylus vulgaris larvae in
a Donkey (Equus asinus). Iran. J. Parasitol. 2014, 9, 441–444. [PubMed]

59. Nielsen, M.K.; Scare, J.; Gravatte, H.S.; Bellaw, J.L.; Prado, J.C.; Reinemeyer, C.R. Changes in Serum Strongylus
vulgaris-Specific Antibody Concentrations in Response to Anthelmintic Treatment of Experimentally Infected
Foals. Front. Vet. Sci. 2015, 2, 17. [CrossRef]

60. Herd, R.P. Epidemiology and control of equine strongylosis at Newmarket. Equine Vet. J. 1986, 18, 447–452.
[CrossRef] [PubMed]

61. Corbett, C.J.; Love, S.; Moore, A.; Burden, F.A.; Matthews, J.B.; Denwood, M.J. The effectiveness of faecal
removal methods of pasture management to control the cyathostomin burden of donkeys. Parasit Vectors
2014, 7, 48. [CrossRef]

62. Ogbourne, C.P. Observations on the free-living stages of strongylid nematodes of the horse. Parasitology
1972, 64, 461–477. [CrossRef]

63. Proudman, C.; Matthews, J. Control of intestinal parasites in horses. Pract. BMJ 2000, 22, 90–97. [CrossRef]
64. Singer, J.W.; Bamka, W.J.; Kluchinski, D.; Govindasamy, R. Using the recommended stocking density to

predict equine pasture management. J. Equine Vet. Sci. 2002, 22, 73–76. [CrossRef]

© 2020 by the authors. Licensee MDPI, Basel, Switzerland. This article is an open access
article distributed under the terms and conditions of the Creative Commons Attribution
(CC BY) license (http://creativecommons.org/licenses/by/4.0/).

197





animals

Article

Anthelmintic Activity of Wormwood (Artemisia
absinthium L.) and Mallow (Malva sylvestris L.)
against Haemonchus contortus in Sheep

Dominika Mravčáková 1, Michaela Komáromyová 2, Michal Babják 2, Michaela Urda Dolinská 2,
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Simple Summary: The gastrointestinal parasitic nematode Haemonchus contortus of small ruminants
is an important target for chemoprophylaxis. Repeated use of anthelmintics in the form of synthetic
drugs increases the risk of residues in food products and the development of anthelmintic resistance.
However, the use of combinations of dry traditional medicinal plants as nutraceuticals is an alternative
to chemotherapeutics for controlling haemonchosis in ruminants. Therefore, the aim of this study
is to determine the effect of dietary supplementation with wormwood, mallow and their mix on
parasitological status and inflammatory response in lambs experimentally infected with H. contortus.
Simultaneously, the present study evaluated by the egg hatch test the in vitro anthelminthic effects
of different concentrations (50–1.563 mg/mL) of the aqueous extracts of these plants. Our results
revealed that the strong anthelmintic effect of both medicinal plants observed in vitro was not fully
confirmed in vivo. This knowledge builds on our previously published findings and highlights that
the effect of dry medicinal plants depends on the variety and synergy of plant polyphenols and
the combination of bioactive compounds that together have an effect and contribute to a certain
pharmacological efficacy.

Abstract: The objective of this study is to evaluate the effect of dry wormwood and mallow on
the gastrointestinal parasite of small ruminants Haemonchus contortus. Twenty-four experimentally
infected lambs were randomly divided into four groups of six animals each: unsupplemented lambs,
lambs supplemented with wormwood, lambs supplemented with mallow and animals supplemented
with a mix of both plants. Faecal samples from the lambs were collected on day 23, 29, 36, 43, 50,
57, 64 and 75 post-infection for quantification of the number of eggs per gram (EPG). The mix of
both plants contained phenolic acids (10.7 g/kg DM) and flavonoids (5.51 g/kg DM). The nematode
eggs were collected and in vitro egg hatch test was performed. The aqueous extracts of both plants
exhibited strong ovicidal effect on H. contortus, with ED50 and ED99 values of 1.40 and 3.76 mg/mL
and 2.17 and 5.89 mg/mL, respectively, in the in vitro tests. Despite the great individual differences
between the treated lambs in eggs reduction, the mean EPG of the untreated and treated groups did
not differ (p > 0.05). Our results indicate that using wormwood and mallow as dietary supplements
do not have a sufficient effect on lambs infected with H. contortus.
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1. Introduction

The gastrointestinal nematode (GIN) infection haemonchosis is a prevalent parasitic disease
associated with economic losses, lowered productivity, morbidity and mortality. Haemonchus contortus
is highly prevalent in sheep and goats worldwide and is mainly controlled by chemoprophylaxis
through the repeated application of chemotherapeutics with the risk of development of anthelmintic
resistance [1].

The screening of traditional medicinal plants containing promising contents of bioactive
compounds with anthelmintic activity has great potential as an alternative source of natural
anthelmintics and antioxidants that may be sustainable and environmentally acceptable. Various
bioactive compounds (i.e., polyphenols, flavonoids, condensed tannins) that possess an anthelmintic
effect [2,3] and antibacterial and antioxidant activities have been isolated from wormwood (Artemisia
absinthium L.) [4,5]. Many authors have reported the antioxidant and antimicrobial properties of
wormwood essential oils [6,7] and the anthelmintic activity of the flavonoids quercetin and apigenin [3].
Diets containing dried wormwood as a 5%–10% replacement for rice straw also provide better quality
roughage with a considerable content of crude protein [8–10]. The high pharmacological activity
of the medicinal plant mallow (Malva sylvestris L.), due to the presence of amino acids, flavonoids,
mucilages, terpenoids, phenol derivatives, enzymes, coumarins and sterols, is known [11,12]. Mallow
has antimicrobial, antifungal and anti-inflammatory properties [13,14].

In traditional medicine, whole plants or mixtures of plants are used rather than isolated compounds,
and therefore more research is needed on all types of interaction between plant constituents. The
ultra-high-resolution mass spectrometry (UHRMS) analyses of dry medicinal plants or plant mixtures
in our recent studies with H. contortus [15–17] identified a wide range of bioactive compounds with
important pharmacological activities, mainly flavonoids, phenolic acids, diterpenes, and alkaloids.
These experiments, which combined chromatographic analyses with the determination of antioxidant
capacity, are helpful in identifying plants with consistent concentrations of anthelmintic and antioxidant
compounds for in vitro and in vivo studies. Our previous studies showed that medicinal plant mixtures
are multicomponent mixes that possess effects via a multitarget additive and synergistic mode [16–18].

Therefore, in the present study, we hypothesize that some medicinal plants from these mixtures
are by themselves multicomponent mixes and can elicit effects via pharmacological activity on H.
contortus infected lambs. The medicinal plants, wormwood and mallow, were chosen based on their
previously described best phytotherapeutic properties and anthelmintic activity in vitro [15]. The goal
is to determine the effect of dietary supplementation with wormwood and mallow on parasitological
status and inflammatory parameters of lambs experimentally infected with H. contortus.

2. Material and Methods

2.1. Ethics Statement

All procedures and animals were cared for under European Community guidelines (EU Directive
2010/63/EU). The experimental protocol was approved by the Ethical Committee of the Institute of
Parasitology of the Slovak Academy of Sciences, in accordance with national legislation in Slovakia.
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2.2. Analysis of Bioactive Compounds

Wormwood and mallow were ground to a fine powder, and 100 mg were extracted three times in
80% MeOH for 30 min at 40 ◦C. The extracts were evaporated to dryness, dissolved in 2 mL of Milli-Q
water (acidified with 0.2% formic acid) and purified by Solid Phase Extraction (SPE) using Oasis HLB 3cc
Vac Cartrige (60 mg, Waters Corp., Milford, MA, USA). The cartridges were washed with 0.5% methanol
to remove carbohydrates and then washed with 80% methanol to elute phenolics. The phenolic fraction
was re-evaporated and dissolved in 1 mL of 80% methanol (acidified with 0.1% formic acid). The
sample was then centrifuged (23,000× g, 5 min) before spectrometric analysis. All analyses were
performed in triplicate for three independent samples and stored in a freezer at −20 ◦C before analysis.
The phenolic acids and flavonoids of the plant materials were analysed by a ultra-high-resolution
mass spectrometry (Dionex UltiMate 3000RS, Thermo Scientific, Darmstadt, Germany) system with a
charged aerosol detector interfaced with a high-resolution quadrupole time-of-flight mass spectrometer
(HR/Q-TOF/MS, Compact, Bruker Daltonik GmbH, Bremen, Germany). The metabolomes of the
samples were chromatographically separated, as was described [19]. The flow rate, spectra, operating
parameters, collision energy, data calibration and spectra processing were previously described [20].
The amount of the particular phenolic acids in the samples was calculated as the chlorogenic acid (CAS
327-97-9, 3-Caffeoylquinic acid) equivalent, and hyperoside (CAS 482-36-0, quercetin 3-galactoside)
was used for calculating the amount of identified flavonoids. Stock solutions of hyperoside and
chlorogenic acids were prepared in MeOH, as was described previously [16].

2.3. In Vitro Test

The in vitro egg hatch test (EHT) was performed in order to assess the ovicidal effect of aqueous
extracts of wormwood and mallow and compared with the chemotherapeutic effect of thiabendazole
anthelmintic drug. The nematode eggs for in vitro EHT were obtained from the untreated UNS group.
The concentrations of aqueous extracts used and EHT has been previously described [15].

Chemical tests for the screening of main constituents in the medicinal plants under study were
carried out in the aqueous extracts using standard procedures [21,22]. Qualitative phytochemical
screening revealed the active compounds mainly tannins, flavonoids, glycosides, saponins, alkaloids,
and terpenoids (Table 1).

Table 1. Chemical composition of the aqueous plant extracts.

Plant Species Tannins Flavonoids Glycosides Saponins Alkaloids Terpenoids

A. absinthium + - - + - +
M. sylvestris + + + - + +

(+): the presence of phytochemicals; (-): the absence of phytochemicals.

2.4. Experiment In Vivo

The experiment was conducted on 24 3–4-month-old female lambs (Improved Valachian) with
initial body weights of 18.67 ± 0.55 kg. The lambs were housed in common stalls on a sheep farm
(Hodkovce, Slovak Republic) with free access to water. After a period of adaptation, all parasite-free
lambs were infected by L3 larvae of H. contortus MHCo1 strain [16]. The diet of each animal consisted of
oats (500 g DM/d) and meadow hay (ad libitum). Four groups of six animals based on their live-weight
were established: unsupplemented lambs (UNS), lambs supplemented with stem of A. absinthium (ART,
1 g DM/d/lamb), lambs supplemented with flower of M. sylvestris (MAL, 15 g DM/d/lamb) and animals
supplemented with mix of A. absinthium and M. sylvestris (ARTMAL, 16 g DM/d/lamb). The doses
of plant supplements were based on the plant proportions used in our previous study [18]. The dry
plants from commercial sources (AGROKARPATY, Plavnica, Slovak Republic) were mixed daily with
the oats during the experimental period (75 days, D). The lambs were weighed on D0, D15, D30, D45
and D70. Faecal samples from the rectum of lambs were collected on D23, D29, D36, D43, D50, D57,
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D64 and D75 post-infection for quantification of the eggs per gram (EPG). The detection of strongylid
eggs was performed by McMaster technique, as was previously described [23]. The blood sera samples
of each animal were obtained from D15, D30, D45 and D70 [18]. Helminthological autopsy were done
after 75 days of infection [16].

2.5. Blood Sera Analysis

Sheep immunoglobulin G (IgG), sheep immunoglobulin A (IgA) and sheep eosinophil peroxidase
(EPX) were measured by ELISA kits (MyBioSource Ltd., San Diego, CA, USA). The sensitivity of the
IgG, IgA and EPX kits were 0.938 ng/mL, 1.875 ng/mL and 1.0 ng/mL, respectively.

2.6. Statistical Analysis

Statistical analysis was performed using analysis variance (GraphPad Prism 8, GraphPad Software,
Inc., San Diego, CA, USA) as repeated-measures mixed models representing the four animal groups
(UNS, ART, MAL, ARTMAL) and sampling days. Differences between the animal groups were analysed
by a two-way ANOVA with a Bonferroni post hoc test. Differences between the arithmetic EPG means
between groups and between worm counts at dissection were analysed by Student’s t-tests. A logistic
regression model was used to determine the ED50 and ED99 [24].

3. Results

3.1. Bioactive Compounds

The A. absinthium contained 6.48 g/kg DM of phenolic acids and 0.35 g/kg DM of flavonoids with
greater concentrations of chlorogenic acid (3.42 g/kg DM) and 1,5-dicaffeoylquinic acid (2.12 g/kg
DM) (Table 2). The M. sylvestris contained 0.65 g/kg DM of phenolic acids and 6.48 g/kg DM
of flavonoids with higher concentrations of delphinidin-5-glucoside 3-lathyroside (1.64 g/kg DM),
kaempferol-3-O-rutinoside (0.82 g/kg DM), apigenin-o-hex (1.56 g/kg DM) and coumarinic acid
(0.47 g/kg DM). The mix of both plants contained 10.7 g/kg DM phenolic acids and 5.51 g/kg DM of
flavonoids with greater concentrations of methyl-4-O-beta-d-glucopyranosylcaffeate (2.23 g/kg DM),
1,5-dicaffeoylquinic acid (1.64 g/kg DM), kaempferol-O-Hex (1.40 g/kg DM), apigenin-O-Hex (1.29 g/kg
DM) and luteolin-O-Hex (0.70 g/kg DM).
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3.2. In Vitro Test (EHT)

The dose-response relationships of aqueous extracts of A. absinthium or M. sylvestris, respectively,
against H. contortus in the egg hatch test (EHT) are shown in Figure 1a,b. Both aqueous plant extracts
exhibited a strong ovicidal effect on H. contortus in in vitro EHT. The ED50 and ED99 values were 1.40
and 3.76 mg/mL in A. absinthium (Figure 1a) and 2.17 and 5.89 mg/mL in M. sylvestris (Figure 1b),
respectively. Thiabendazole at a concentration of 1.0 µg/mL has a 100% ovicidal effect.
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Figure 1. (a,b) Dose-response relationship of plant aqueous extracts against Haemonchus contortus in
the egg hatch test (EHT) after 24 h of incubation at 26 ◦C.

3.3. Parasitological Status

The patterns of egg shedding for UNS, ART, MAL and ARTMAL are shown in Figure 2. Data
from D36 were statistically compared and used to determine the reduction in egg output for ART,
MAL and ARTMAL relative to UNS. Mean faecal eggs per gram (EPGs) were influenced by time from

206



Animals 2020, 10, 219

infection (p < 0.05), and for all groups, EPGs increased until D50 or D57, respectively. The EPGs in the
lambs treated with MAL, ART and ARTMAL compared with UNS group did not differ (p > 0.05). The
necropsy on D75 found a numerical decrease (p > 0.05) in the abomasal worm counts for the ARTMAL
groups compared to the other groups (Figure 3).
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Figure 3. Abomasal worm counts of Haemonchus contortus in the lambs of each treatment at the end of
the experiment (p > 0.05). UNS: unsupplemented; ART: A. absinthium; MAL: M. sylvestris; ARTMAL:
ART plus MAL.

3.4. Inflammatory Response

Table 3 shows the inflammatory IgG, IgA and EPX response. Serum IgG and IgA values were
not influenced by treatment, time and treatment × time (p > 0.05). Mean serum EPX values ranged in
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the treated groups from 24.1 to 73.4 ng/mL, and the values were influenced by treatment and time
(p < 0.05).

Table 3. Inflammatory responses of the experimental groups (n = 6).

Item Day UNS ART MAL ARTMAL SD
Significance of Effects

Treatment (T) Time T × Time

IgG 15 0.627 2.15 2.31 2.23 2.54

NS NS NS
(ng/mL) 30 1.03 0.780 0.986 1.61 1.61

45 1.33 0.639 0.378 1.04 1.07
70 1.16 0.689 3.53 1.39 1.66

IgA 15 0.434 1.28 0.811 0.767 0.522

NS NS NS
(ng/mL) 30 0.825 0.666 0.519 0.589 0.245

45 0.529 0.438 0.787 0.485 0.233
70 0.813 0.696 0.726 0.626 0.195

EPX 15 37.5 66.6 52.2 50.0 17.9

* * NS
(ng/mL) 30 44.0 36.9 29.4 44.8 13.9

45 31.4 38.6 24.1 51.4 17.5
70 49.2 33.4 37.8 73.4 21.1

UNS: unsupplemented; ART: A. absinthium; MAL: M. sylvestris; ARTMAL: ART plus MAL; EPX: eosinophil
peroxidase; NS: not significant; SD: standard deviation. * p < 0.05.

4. Discussion

In the present study, phenolic compounds, flavonoids and phenolic acids among them, were
detected in wormwood, mallow and a mix of both plants. Phenolic acids, including chlorogenic acid,
caffeoylquinic acid derivatives, coumaric acid and methyl 4-O-beta-D-glucopyranosylcaffeate, were
identified in a range from 0.65 to 10.7 g/kg DM. Chlorogenic acid and 1,5- and 4,5-dicaffeoylquinic acid
possess well-known antibacterial, anthelmintic, anti-inflammatory, and antioxidant biological activities
in vitro and in vivo [25,26]. Similarly, coumaric acid in Senegalia gaumeri leaf extract compounds has
shown potential anthelmintic effects against H. contortus larvae [27]. The phenolic acid contents for
wormwood and the mix (but not for mallow) were within the range of 3.6 to 57.3 g/kg DM, as was
reported for plant mixtures used previously in infected lambs [16,17]. In relation to flavonoids with
antioxidant properties, we identified mainly flavones (apigenin and luteolin), flavonols (kaempferol
and quercetin) and flavanones (naringenin) [28], which may also have anthelmintic activity [3,29].
However, the total content of flavonoids in wormwood in the present study was lower (0.35 g/kg DM)
versus mallow or the mix (6.48 or 5.51 g/kg DM, respectively) or compared to previous studies (9.96
and 29.5 or 41.5 g/kg DM, respectively) [16,17].

It is clear that medicinal plants that have an anthelmintic effect in vitro are often not equally
effective in vivo, because there is different bioavailability, pharmacology of host animals, metabolism of
bioactive compounds by rumen microflora and experimental conditions [30]. In the present experiment,
the aqueous plant extracts of both medicinal plants, A. absinthium and M. sylvestris, exhibited a strong
ovicidal effect on H. contortus in vitro, similar to the extracts of the species Artemisia against sheep
nematodes [31,32]. However, the mean egg outputs of the UNS group compared to ART, MAL and
ARTMAL groups showed no significant differences in egg reduction in lambs. Egg production by H.
contortus females remained high (i.e., thousands EPG) until D50 post-inoculation and then decreased
similarly as during the patent period of H. contortus in sheep [33]. The rapid reduction in egg excretion
after D50 (MAL and ARTMAL) or D57 (ART), respectively, was accompanied by a lower number (not
statistically) of adult H. contortus worms in the ARTMAL group. No significant differences in egg
excretion in the treated groups may have been due to the lower content of plant biologically active
compounds, especially flavonoids, compared to our previous studies [16,17]. However, relatively high
SD of the means of the treated groups in the present experiment point to a potentially different treatment
effect between lambs. This suggests that these plant materials could have an indirect antiparasitic
effect and may promote a host’s resistance to parasitic infection in the longer term. However, the
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anthelmintic mechanism of action is unknown. It seems that flavonoids with antioxidant capacity,
in particular, contribute to the indirect antiparasitic activity [34,35]. However, not only the content
of flavonoids appears to play an important role in the anthelmintic activity of medicinal plants and
their mixtures. Our results indicate that wormwood and mallow themselves are not responsible for
egg and worm reduction in the lambs but probably acting in synergy with other medicinal plants
and their bioactive compounds, as was done in previous mixes [17,18]. The effect of dry medicinal
plants on the health of animals depends on the source of the multitarget complex bioactive compounds
that work synergistically [36,37] and antagonistically [38]. An increase in the resistance of infected
lambs to H. contortus infection was shown after the administration of mixtures of dry medicinal plants
composed already of 9–13 species [16–18]. However, a generally great contribution to the discovery and
development of new drugs is a widely applicable strategy for identifying the combinatory compounds
responsible for a certain pharmacological activity of plant medicines followed by in vitro and in vivo
validation [39].

Ruminal and intestinal fermentation parameters can be manipulated by supplementing a diet
with medicinal plants [40]. No adverse effects of wormwood and mallow on the ruminal fermentation
parameters (i.e., pH, ammonia N, methane, gas production, and volatile fatty acids) were found [18].
Mainly, pH and ammonia N can affect the release of phenolic compounds from plant materials and the
growth of ruminal microbes for microbial protein synthesis [41,42]. Additionally, phenolic compounds,
especially flavonoids, can improve body weight gain, growth and the quality of animal products [43].
In the present experiment, polyphenols as dietary supplements did not significantly affect the body
weights or live-weight gains of the infected lambs. Dry medicinal plants in the diets of the infected
lambs may [18] or may not have influenced the body weights or live-weight gains, which is consonant
with a meta-analysis of gastro-intestinal nematode infection in sheep [44].

Our recent studies [16–18] of lambs infected with the gastrointestinal nematode H. contortus
showed the potential value of medicinal plant mixtures to decrease egg output and worm numbers
in parasitic infections of the digestive tract. However, this effect is probably not a consequence of a
direct anthelmintic impact on the viability of nematodes, but an increase in the resistance of lambs
to nematode infections. Additionally, a recent study also showed that a complementary vegetable
mixture of plants belonging to the Compositae, Cesalpinacae, Liliacae, Bromeliaceae and Labiatae families
used as feed at two different dosages was ineffective against gastrointestinal nematode infection [45].
It seems that mainly a combination of medicinal plants belonging to different botanical families with
beneficial bioactive compounds probably contributes to slowing the dynamics of infection. In the
present study, because of the low variety and synergy of plant polyphenols and the combination
of bioactive compounds of wormwood and mallow, the reduction in parasitic infection intensity in
the treated infected lambs was not sufficient during the 75 days of infection compared to previous
studies [16–18]. However, it seems that mixtures of dry medicinal plants may affect the host over the
longer term. Therefore, more research is needed on combinations of medicinal plants and interactions
between compositions of plant mixtures for longer (90-120 days) experimental periods.

5. Conclusions

The data in the present study showed additional new knowledge on the anthelmintic effects of dry
medicinal plants as dietary supplements. Our results indicate that using medicinal plants, even those
with the best anthelmintic properties in vitro, may not have sufficient effects in vivo on H. contortus
infected lamb.
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16. Váradyová, Z.; Mravčáková, D.; Babják, M.; Bryszak, M.; Grešáková, L’.; Čobanová, K.; Kišidayová, S.;
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Simple Summary: Rattlesnakes (Crotalus ravus and Crotalus triseriatus) have some compounds that
resemble polypeptides and proteins in their venoms which can be used in therapeutic treatment
as antibacterial compounds. The aim of the present study is to evaluate the antibacterial and
hemolytic activity of two rattlesnake venoms. The results of the present study indicate that the
evaluated venoms have bactericidal activity against Pseudomonas aeruginosa, an important bacterium
that affects animals and humans, thereby providing a new and efficient treatment alternative against
this pathogenic bacterium.

Abstract: Rattlesnakes have venoms with a complex toxin mixture comprised of polypeptides and
proteins. Previous studies have shown that some of these polypeptides are of high value for the
development of new medical treatments. The aim of the present study is to evaluate, in vitro,
the antibacterial and hemolytic activity of Crotalus triseriatus and Crotalus ravus venoms. A direct
field search was conducted to obtain Crotalus triseriatus and Crotalus ravus venom samples. These
were evaluated to determine their antibacterial activity against Escherichia coli, Staphylococcus aureus
and Pseudomonas aeruginosa through the techniques of Minimum Inhibitory Concentration (MIC) and
Minimum Bactericidal Concentration (MBC). Hemolytic activity was also determined. Antibacterial
activity was determined for treatments (Crotalus triseriatus 2) CT2 and (Crotalus ravus 3) CR3, obtaining
a Minimum Inhibitory Concentration of 50 µg/mL and a Minimum Bactericidal Concentration of
100 µg/mL against Pseudomonas aeruginosa. CT1 (Crotalus triseriatus 1), CT2, and CR3 presented
hemolytic activity; on the other hand, Crotalus ravus 4 (CR4) did not show hemolytic activity.
The results of the present study indicate for the first time that Crotalus triseriatus and Crotalus ravus
venoms contain some bioactive compounds with bactericidal activity against Pseudomonas aeruginosa
which could be used as alternative treatment in diseases caused by this pathogenic bacterium.
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1. Introduction

Rattlesnakes are a species widely distributed through Mexico, occupying practically the whole
territory. There exists a great variety of these species, among them, are Crotalus triseriatus, distributed
in the States of Veracruz, Puebla, Tlaxcala, México, Morelos, and Michoacán and Crotalus ravus, which
occupies the States of Morelos, México, Puebla, Tlaxcala, Guerrero, Oaxaca, and Hidalgo. These species
are primarily recognized for their characteristic hemotoxic venoms [1–3].

Crotalid venoms are comprised mainly of enzymes that cause severe local inflammation, necrosis,
hemorrhagic syndromes, and neurological manifestations. These responses would typically help rapid
prey subjugation or capture, as well as serve as a defense mechanism [4].

Animal venoms, including that of snakes, are complex mixtures of bioactive compounds that
contain large amounts of proteins, peptides, and small molecules that can be considered for use in a
wide range of medical applications [5,6].

There are several examples in the development of treatments derived from snake venom
compounds. One of the most widely known is Capoten®, a hypotensive agent, used for the treatment
of congestive heart failure, diabetic nephropathy, and heart attacks. Another known example is
Viprinex®, developed to treat acute strokes [7,8].

Aside from their qualities as potential therapeutic agents, venoms are currently considered as
possible sources of molecules with antibacterial activity [9]. This, in fact, has a great impact on public
health especially due to the increase of antibacterial resistant bacteria.

In 2017 the World Health Organization (WHO) compiled a list of antibiotic-resistant priority
pathogens, among which, were the Gram-negative bacteria Escherichia coli and Pseudomonas aeruginosa
bacteria resistant to carbapenems, and Staphylococcus aureus resistant to methicillin and vancomycin [10].
Due to the increased antibiotic resistance found in these pathogens, the aim of the present study was to
evaluate, in vitro, the antibacterial and hemolytic response of Crotalus triseriatus and Crotalus ravus
venoms on bacteria of public health importance.

2. Material and Methods

2.1. Field Sampling

Two field outings were carried out per month during each of the months of August, September,
October and November 2018 in the state of Hidalgo, Mexico; covering the municipalities of Acatlán,
Almoloya, Cuautepec de Hinojosa, Mineral del Chico, Mineral del Monte, Santiago Tulantepec,
Singuilucan, Tula de Allende and Zacualtipán.

A direct search was conducted according to the methodology described by McDiarmid et al. in
2012. The rattlesnakes were trapped in accordance with the official norms for wildlife protection
(NOM-059-SEMARNAT-2010) established by the government of Mexico and with a scientific collecting
permit issued by General Directorate of Wildlife of the Secretariat of Environment and Natural
Resources of Mexico (Office N◦ SGPA/SGVS/003613/18) [11,12].

2.2. Obtaining Venom Samples

Four samples were collected in the field, two of them belonging to the species Crotalus triseriatus
(CT1 and CT2) and the remaining from the species Crotalus ravus (CR3 and CR4). A record of each
individual was noted.

Once the samples were obtained, they were subjected to a lyophilization process and kept at
−70 ◦C until further evaluation.
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2.3. Antibacterial Activity

The venom’s antibacterial activity was determined through the Minimum Inhibitory Concentration
(MIC) and the Minimum Bactericidal Concentration (MBC) procedures, in accordance with the CLSI
guidelines and with the standards published by Olmedo-Juárez et al., in 2019 and by Morales-Ubaldo
et al., in 2020 [13–15].

Escherichia coli ATCC35218, Pseudomonas aeruginosa ATCC9027, and Staphylococcus aureus ATCC6538

strains were used to perform the evaluation. These samples were the same which were reactivated
from cryopreservation in Müller–Hinton agar (BD Bioxon, Heidelberg, Germany) through simple strain
technique to obtain isolated colonies. A Gram staining was performed to corroborate their morphology.

Once the purity was confirmed, one colony of each strain was inoculated in nutritive broth
(BD Bioxon), and incubated under constant agitation at 70 rpm for 24 h at 37 ◦C. The bacterial cell
suspension was adjusted to a 0.5 McFarland (Remel, R20421, Kansas, U.S.A.) standard (approximately
1.5 × 106 Colony Forming Units (CFU) per mL).

2.3.1. Minimal Inhibitory Concentration (MIC)

Micro-dilution was used to determine the MIC, evaluating different venom concentrations (100,
50, 25, 12.5, 6.25, 3.12, 1.56, 0.78 µg/mL).

In a sterile 96- well plate, 100 µL of each venom concentrations were added along with 10 µL of
bacterial cell suspension previously adjusted to a 0.5 McFarland standard. The plates were incubated
at 37 ◦C for 24 h at 70 rpm. Kanamycin (AppliChem 4K10421, Darmstadt, Germany) was used as a
positive control (128 to 1 µg/mL) and nutritive broth as the negative control. Treatments were evaluated
by triplicate.

After incubation 20 µL of a 0.04% (w/v) p-iodonitrotetrazolium (Sigma-Aldrich I8377, Missouri,
U.S.A.) solution was added into each well and incubated for 30 min. The MIC was determined by the
concentration at which the solution turned to a pinkish color.

2.3.2. Minimal Bactericidal Concentration (MBC)

After incubation and previous addition of p-iodonitrotetrazolium, 5 µL from each well was
inoculated in Müller–Hinton agar (BD Bioxon) and incubated at 37 ◦C for 24 h. The MBC was
considered as the lowest concentration where no visible growth of the bacteria was observed on
the plates.

2.4. Indirect Hemolytic Activity

In accordance with the protocols described by Pirela et al., in 2006 with modifications, the venom’s
indirect hemolytic activity was evaluated [16]. A donor donkey blood sample was collected. The blood
sample was stored in 10 mL sodium citrate (3.2%) tubes (DB Vacutainer) and in 3 mL EDTA (10.8 mg)
tubes (BD Vacutainer).

Blood agar was used (Merck©, Darmstadt, Germany). To obtain plates with 8% blood
concentration, 250 mL of agar base was prepared, and 20 mL of blood was added.

One hundred micrograms (100 µg) of each treatment were weighed out (lyophilized venom) and
reconstituted in 1 mL of nutritive broth (BD Bioxon). Dilutions were made (100, 50, 25, 12.5, 6.25,
3.12 µg/mL) from this concentrated solution for further evaluation.

Four wells were made (6 mm diameter) on the plate’s surface. Twenty micrograms (20 µL) were
added of each concentrate to be evaluated. Treatments were performed by triplicate. Tween 80 at
100% (Sigma-Aldrich) and nutritive broth (BD Bioxon) were used as positive and negative controls,
respectively. Plates were incubated for 24 h at 37 ◦C. Once the incubation period elapsed, hemolysis
halos were measured (mm).
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2.5. Statistical Analysis.

Obtained data were analyzed using two-way variance analysis (ANOVA) and a means comparison
by Tukey at a significance level of 0.05% through Minitab 18 statistical package [17].

3. Results and Discussion

3.1. Individuals Data

A record of each individual was made with the following information: length, weight, age,
and gender (Table 1). The characteristics of the rattlesnakes in the study coincided with those reported
by Campbell and Lamar in 2004 [1], as seen in Figure 1.

Table 1. Individual data of trapped rattlesnakes in Hidalgo State.

Species Species Characteristics Individual
Identification Gender Age Length (cm) Weight (g)

Crotalus
triseriatus

Triangular head
8–10 rattles

Postocular strip

CT1 Male Adult 37
210

CT2 Male Adult 25
175

Crotalus
ravus

Triangular head
Thin rattle

Symmetric scales in head

CR3 Male Adult 25
180

CR4 Male Adult 25
175
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3.2. Antibacterial Activity

A MIC of 50 µg/mL and an MBC of 100 µg /mL were determined as effective for treatments CT2
and CR3 over P. aeruginosa (Table 2, Figure 2). Nevertheless, antibacterial activity was not detected for
E. coli and S. aureus.

Table 2. Minimal Inhibitory Concentration (MIC) and Minimal Bactericidal Concentration (MBC) of
Crotalus triseriatus and Crotalus ravus venoms.

Evaluated
Bacteria

Evaluated Treatments µg/mL (MIC/MBC) Controls (MIC/MBC)

CT1 CT2 CR3 CR4 Nutritive Broth Kanamycin (µg/mL)

E. coli - - - - - 2/4
P. aeruginosa - 50 a/100 A 50 a/100 A - - 16 b/64 B

S. aureus - - - - - 1/4

CT1 Crotalus triseriatus 1, CT2 Crotalus triseriatus 2, CR3 Crotalus ravus 3, CR4 Crotalus ravus 4 a,b Different small letters
indicate significant statistical differences between MIC (p < 0.05) A,B Different capital letters indicate significant
statistical differences between MBC (p < 0.05)
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where no visible growth of the bacteria.

It was determined that the antibacterial response seen in treatments CT2 and CR3 were bactericidal,
since the relation between MIC and MBC is less than 4, in accordance with González-Alamilla et al.,
in 2019 [18].

Boda et al., in 2019 evaluated the antibacterial activity of eleven crude venoms from different snake
species including Crotalus atrox and Crotalus polystictus against Staphylococcus aureus, Escherichia coli
and Pseudomonas aeruginosa among others, at varied concentrations of 500 to 1.95 µg/mL, determining
a MIC and MBC of 125 and 500 µg/mL against S. aureus for Crotalus atrox and Crotalus polystictus,
respectively. In the present study, antibacterial activity was not found for S. aureus and E. coli but was
determined for Pseudomonas aeruginosa, obtaining a MIC of 50 and a MBC of 100 µg/mL for C. triseriatus
and C. ravus (CT2 and CR3). According to Boda et al., 2019, the antibacterial activity of venoms from
viperid species is probably due to their content of proteins with proteolytic activity [19].

Samy et al., in 2014, evaluated CaTx-II a toxin isolated from Crotalus adamanteus venom, determining
a MIC of 7.8 µg/mL for S. aureus and 62.5 to 125 µg/mL for P. aeruginosa. Oguiura et al., in 2011,
evaluated crotamine, a myotoxin from Crotalus durissus venom against different bacteria strains which
included E. coli, S. aureus, and P. aeruginosa. They report a MIC of 100 µg/mL for E. coli and >200 µg/mL
for the other two [20,21], a contrast with the results obtained in our present study since the antibacterial
activity was not determined for E. coli or S. aureus. Since it was determined that a MIC of 50 µg/mL
from C. triseriatus and C. ravus (CT2 and CR3) occurred in crude venom, the activity could be attributed
to the presence of these bioactive compounds in the venom of the individuals used for this evaluation
since both compounds were isolated from snake venom of the same genus (Crotalus).

Although the aim of the study did not include identifying the venom’s active mechanism, it has
been reported that phospholipase A2 (CaTx-II) interacts with lipopolysaccharide (LPS), particularly
with lipid A, a Gram-negative bacteria component, causing membrane permeabilization. Crotamine
also has effects over some bacteria through membrane permeabilization, so it could be suggested that
CT2 and CR3 treatments antibacterial activity is related to this mechanism [21,22].

In this respect, the efficiency of these compounds, specially phospholipase A2 against
antibiotic-resistant bacteria, holds promise for biotechnological applications, in this case, new medical
treatment alternatives, however, it should be understood there are different antibacterial activity
mechanisms from venom-based drugs [23,24].
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In accordance with WHO, P. aeruginosa actually is in the critical priority group of the list of
antibiotic-resistant pathogens. WHO has been expressing its interest by promoting the research and
development of new antibiotics for this bacterium [10]. These results obtained herein show that CT2
and CR3 treatments demonstrated bactericidal activity against this pathogen showing its importance,
since rattlesnake venoms or compounds thereof could be used to develop effective therapeutic agents
to treat infections caused by P. aeruginosa.

3.3. Hemolytic Activity

With respect to the hemolysis produced, the generated halos showed significant statistical
differences between them (p < 0.05) (Table 3). It was observed that CT1, CT2, and CR3 showed the
highest hemolytic potential and there were no statistically significant differences between them at
100 µg/mL concentration compared with the other treatments (Figure 3).

Table 3. Hemolysis halos generated by C. triseriatus and C. ravus venoms.

Concentration
(µg/mL)

Evaluated Treatments

CT1 CT2 CR3 CR4 Nutritive Broth Tween 80

100 18.67 ± 1.53 a,A,* 17.00 ± 1.00 a,A 18.67 ± 1.15 a,A,* 0.0 b

0.00 20.33 ± 0.58 *

50 15.00 ± 0.0 b,B 12.33 ± 0.58 c,B 16.67 ± 0.58 a,B 0.0 d

25 13.67 ± 0.58 a,B,C 13.67 ± 1.15 a,B 13.33 ± 0.58 a,C 0.0 b

12.5 12.00 ± 1.00 a,C 10.00 ± 0.00 a,b,C 10.33 ± 0.58 b,D 0.0 c

6.25 8.67 ± 0.58 a,D 8.33 ± 0.58 a,C 7.33 ± 0.58 a,E 0.0 b

3.12 0.00 ± 0.00 a,E 0.00 ±0.00 a,D 0.00 ± 0.00 a,F 0.0 a

a,b,c Different letters indicate significant statistical differences between treatments (p < 0.05). A,B,C Different letters
indicate significant statistical differences between concentrations (p < 0.05). * No statistical differences between
treatments (p > 0.05). CT1 Crotalus triseriatus 1, CT2 Crotalus triseriatus 2, CR3 Crotalus ravus 3, and CR4 Crotalus
ravus 4.
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Macías-Rodríguez et al., in 2014 [25] evaluated the hemolytic activity of Crotalus molossus venom
(C. molossus molossus and C. molossus nigrescens) at a 50 µg/mL concentration. In the present study,
hemolytic halos were measured over different periods of time, (1, 2, 3, and 14 h). The results obtained
showed that at 14 h halos generated measured 19.2 ± 1.5 and 17.00 ± 1.2 mm for C. molossus molossus
and C. m. molossus nigrescens, respectively, whereas at the same concentration over a longer period of
time (24 h) with the venoms of C. triseriatus and C. ravus generated smaller halos 15.00 ± 0.0 (CT1),
12.33 ± 0.58 (CT2), 16.67 ± 0.58 (CR3), and 0.00 ± 0.00 (CR4), showing the hemolytic potential of these
species is lower.
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On the other hand, Pirela et al., in 2006, determined that the indirect hemolytic dose of Crotalus
durissus cumanensis venom to produce a 20 mm hemolytic halo was 379.51 ± 67.67 µg of venom [16]. In
a similar study, Dos Santos et al. in 1993 obtained a dose of approximately 310 µg for the white venom
and 350 µg for the yellow venom of Crotalus durissus ruruima to produce hemolytic halos of 20 mm [26].
With respect to Crotalus triseriatus and Crotalus ravus venoms, an average of 18.67 ± 1.53 mm was
obtained at 100 µg/mL concentration of venom. Although there are no equivalent values in the
measurements of hemolytic halos, the venom of C.triseriatus and C. ravus have close values in the
measure of their halos in comparison with the other studies and in a lower venom concentration.

In accordance with Macías-Rodríguez et al., in 2014 [27], during the fall months, there exists a high
proteomic concentration in rattlesnake venom. C. ravus and C. triseriatus were sampled in September
and November, respectively, months which correspond to the autumn, while the individuals sampled
by Pirela et al. in 2006 [16] were sampled in May, June, and July, months that have been shown to have
decreased protein concentration. On the other hand, in 2010 Chippaux et al., [6] reported that the
species C. durissus durissus and C. durissus terrificus have myotoxic and neurotoxic venoms compared to
other species of the genus Crotalus, which mostly have hemotoxic and histologic venoms [28]. Therefore,
due to this, in C. triseriatus and C. ravus, the highest concentration evaluated in this study (100 µg/mL)
was enough to produce halos with measurements similar to those of the aforementioned study.

Treatment CR4, characterized by its transparent color, did not show hemolytic activity.
This variation in color has been observed in other viperids. In the study carried out by
Macías-Rodríguez et al., in 2014 [25], C. molossus presented a yellowish venom which turned out
to be more hemolytic than Crotalus tigris venom, which was transparent in appearance, similar to
C. ravus (CR4). Galán et al., in 2004 [29], reported that yellowish venoms have greater toxicity compared
to white venoms. Lourenço et al., in 2013 [30], reported that the yellow coloration of the venom is due
to the presence of crotamine, a myotoxin from rattlesnakes.

Snake venom complexity produces a source of bioactive molecules with different activities.
The results obtained in this study confirm rattlesnake’s crude venom contains compounds that could
be used as therapeutic models, in this case, molecules with antibacterial activity. Although the venom
cannot be used directly due to its high toxicity, some of its compounds will serve as prototypes for the
development of new drugs.

4. Conclusions

Until today, there are no studies reporting on the antibacterial and hemolytic activity of the
venoms of C. triseriatus and C. ravus. The results of the present study indicate that both rattlesnakes
produce venoms rich in bioactive compounds with a bactericidal effect against Pseudomonas aeruginosa.
These compounds could also serve as new antimicrobial drugs for the treatment of diseases caused by
this bacterium; however, the isolation, identification, and evaluation of these molecules is necessary
since it could present hemolytic activity.
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