
Edited by

Removal of 
Cyanobacteria 
and Cyanotoxins 
in Waters

Albert Serrà, Elvira Gómez and Laëtitia V.S. Philippe

Printed Edition of the Special Issue Published in Toxins

www.mdpi.com/journal/toxins



Removal of Cyanobacteria and
Cyanotoxins in Waters





Removal of Cyanobacteria and
Cyanotoxins in Waters

Editors

Albert Serrà
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Laëtitia V.S. Philippe

MDPI • Basel • Beijing • Wuhan • Barcelona • Belgrade • Manchester • Tokyo • Cluj • Tianjin



Editors

Albert Serrà
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Majdi Benamara, Elvira Gómez, Ramzi Dhahri and Albert Serrà
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Harmful cyanobacterial algal blooms and cyanotoxins currently pose a major threat
to global society, one that exceeds local and national interests due to their extremely de-
structive effects on the environment and human health. In the near future, the formation
of harmful cyanobacterial algal blooms and, in turn, cyanotoxins is expected to become
widespread, driven by eutrophication and anthropogenic causes such as water pollution
and promoted by escalating global temperatures. Such trends, studied since the late 1990s,
have attracted increased interest due to (i) the high environmental impact of cyanobacterial
blooms and cyanotoxins worldwide, (ii) the ineffective removal of those pollutants by
conventional water treatment processes, (iii) the transformational capacity to completely
destroy those organic toxins via alternative treatments such as advanced oxidation pro-
cesses, and (iv) engineering challenges when transitioning toward the treatment of large
volumes of water. The global context of this threat thus urges the innovation of simple,
sustainable, low-cost strategies and technologies for water decontamination that can be
readily implemented worldwide [1].

In this Special Issue, titled “Removal of Cyanobacteria and Cyanotoxins in Waters,” we
have attempted to provide readers with a comprehensive overview of different strategies
and alternative treatments currently being studied for the effective removal of cyanobacteria
and cyanotoxins from water. The following presents a brief synopsis of the 13 research
papers that constitute this Special Issue.

Coagulation is a key process employed by conventional water treatment technologies.
Worldwide, the most widely applied water treatment technology at water treatment plants
involves a combination of coagulation, flocculation, sedimentation, filtration, and disinfec-
tion to treat water. Herein, five papers focus either directly or indirectly on coagulation and
its alternatives or on the potential impacts of conventional water treatment technologies on
drinking water containing cyanobacteria and/or cyanotoxins [2]. Arruda et al. [2] have
demonstrated that the so-called “floc-and-skin” technique, based on the combination of a
ballast (i.e., natural soil or modified clay) and a coagulant, can effectively remove cyanobac-
terial biomass comprised of Dolichospermum circinalis and Microcystis aeruginosa, depending
on the ballast’s capacity to adsorb microcystin. At the laboratory scale, the authors studied
the effect of the floc-and-skin technique on the release of microcystins from cyanobacterial
biomass in real water from the Funil Reservoir, a eutrophic system in southern Brazil.
Their results demonstrate that the technique is more effective than using a sole coagulant
(i.e., polyaluminum chloride) to remove cyanobacteria and extracellular microcystins from
water [2]. Next, Mucci et al. [3] studied the effect of using chitosan as a coagulant to remove
cyanobacteria from the water column. Although chitosan’s coagulation efficiency has been
extensively studied, little is known about its effect on the viability of cyanobacteria cells and
the release of cyanotoxins. The authors’ study confirmed that chitosan was able to damage
Microcystis aeruginosa cells by inducing lysis and, consequently, the release of cyanotoxins,

1



Toxins 2021, 13, 636

which thus inhibit chitosan’s use in lake restoration without directly testing its effects on the
natural target biota because, as the authors show, the side effects depend on the strain [3].
Lürling et al. [4] also examined the efficiency of deploying the floc-and-skin technique
to control the growth of cyanobacterial blooms using a combination of a coagulant (i.e.,
polyaluminum chloride) and a ballast (i.e., lanthanum modified bentonite) from Lake De
Kuil and Lake Rauwbraken in the Netherlands. Above all, the authors demonstrate the ne-
cessity of testing the technique’s process in the water to be treated, for the technique, when
used with similar species of Planktothrix rubescens, yielded different results depending on
the lake. After one day, the filaments of a Planktothrix rubescens biomass from Lake De Kuil
resurfaced but remained precipitated in Lake Rauwbraken, possibly due to water matrix
effects. By contrast, Pinkanjananavee et al. [5] studied the effectiveness of using conven-
tional treatment processes consisting of coagulation, flocculation, sedimentation, filtration,
sludge dewatering, and disinfection to remove Microcystis aeruginosa and microcystin-LR
prior to disinfection. Noting that several conventional drinking water treatment plants
recycle dewatered supernatant from sludge-dewatering operations, the authors aimed to
determine the impact of recycling dewatered sludge supernatant on the quality of treated
water in laboratory-scale experiments. Ultimately, their study demonstrated that recycling
dewatered sludge supernatant can indeed affect the quality of treated water. The fifth
paper, by Jalili et al. [6], describes the effects of various cyanobacteria in a treatment plant
for drinking water before, during, and after the occurrence of cyanobacterial blooms by
monitoring raw water, sludge in the holding tank, and the sludge supernatant. In view
of their results, the authors conclude that predicting the cyanobacterial community in the
sludge supernatant continues to be a challenge.

Three other papers address different advanced oxidation processes used to remove
cyanotoxins [7–9]. Advanced oxidation processes involve a set of oxidative water treat-
ments, including treatment with UV–O3, UV–H2O2, the Fenton process, the photo-Fenton
process, and nonthermal plasmas as well as sonolysis, photocatalysis, and radiolysis, all
based on the production of powerful, highly reactive oxidants. Among those oxidants,
hydroxyl radicals are the most commonly used and are the strongest known oxidants
after fluorine, and, similar to other highly reactive oxidants, can nonselectively destroy the
majority of organic matter and can mineralize organic pollutants in water. Against that
background, Ferreira et al. [7] investigated the applicability of the Fenton process to miner-
alize cylindrosmpermopsin by analyzing how the dosage of Fenton reagents, namely H2O2
and Fe(II), and the H2O2-to-Fe(II) molar ratio affected the removal of cylindrosmpermopsin
in ultrapure water (i.e., unrealistic conditions that do not consider water matrix effects or
real pH) [7]. Although the Fenton process is a promising advanced oxidation technique
that can be easily implemented at full scale worldwide due to its simplicity and highly
cost-effective technology, the water matrix effect and large-scale volumes need to be investi-
gated to evaluate the process for application in treating cyanotoxins because the presence of
scavengers and competing species identified in real water matrices may affect degradation
kinetics. Next, Benamara et al. [8] report that Al-doped ZnO nanoparticles are effective
photocatalysts for degrading and mineralizing two typical cyanotoxins, microcystin-LR
and anatoxin-A, under visible-light irradiation with light emitting diodes (LEDs). Central
to that process is using easily fabricated Al-doped ZnO nanoparticles to act as photocata-
lysts for water decontamination. Their paper, describing the visible-light-driven removal
of cyanotoxins in the presence of ZnO-based photocatalysts, shows that high removal
efficiencies can be achieved under simple conditions. The authors also found that the
system’s outstanding performance derives from the excellent photocatalytic performance
and the high chemical and photochemical stability of Al-doped ZnO nanoparticles under
visible-light irradiation with LEDs [8]. In another study, Sorlini et al. [9] investigated the
viability of using UV–H2O2 to treat microcystin-LR, particularly by analyzing specific
energy consumption in the waters of Lake Iseo in the Province of Brescia, Lombardy, Italy.
Those authors aimed to preliminarily study the effectiveness of UV–H2O2 on real water
with respect to water matrix effects in order to clarify how the type of oxidant influences
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kinetics by analyzing the effects of the initial microcystin-LR concentration and the H2O2
dosage. The authors also examined the total specific energy consumption of UV–H2O2
compared to UV treatment to determine the optimal operational conditions [9]. Although
the authors suggest the potential of using those three advanced oxidation processes to
remove various cyanotoxins, unrealistic laboratory settings and conditions that allow the
treatment of small volumes of water with highly energy-intensive lamps underscore some
of the challenges of applying those technologies in the near future.

Because different chemical oxidants can be used to treat water, the effects of some of
those oxidants are discussed in three additional papers. In one of those papers, because
H2O2 is a highly investigated Fenton reagent used in different water treatment strategies,
Lusty et al. [10] investigated the effects of H2O2 on cyanobacteria and microbial commu-
nities in order to analyze its use to mitigate potentially toxic freshwater cyanobacterial
blooms. The study revealed that H2O2 can effectively reduce but not fully eliminate
cyanobacteria from eutrophic bodies of water; thus, the authors conclude that H2O2 is not
the best candidate for use in high biomass ecosystems containing harmful cyanobacterial
algal blooms. By comparison, Moradinejad et al. [11] investigated variation and shifts in the
structure of cyanobacterial communities during chemical oxidation (i.e., with Cl2, KMnO4,
O3, and H2O2) using the metagenomic shotgun approach, which allows the considera-
tion of the diversity of cyanobacterial communities in pre-oxidant selection in the on-site
management of cyanobacterial blooms. According to their results, only pre-oxidation with
H2O2 exhibited a clear decrease in the abundance of cyanobacterial biomasses, and the
authors add that the selection of the pre-oxidant translates into considerable reductions
in cost. Beyond that, the paper by Greenstein et al. [12] provides guidance on how five
oxidants (i.e., Cl2, NH2Cl, ClO2, KMnO4, and O3) affect the delayed release of intracellular
microcystins after the partial oxidation of cyanobacteria as a critical parameter to consider,
especially for drinking water treatments, because the concertation of cyanotoxins in water
can increase after several hours of treatment.

From another angle, El Amrani Zerrifi et al. [13] investigated the potential of em-
ploying natural compounds extracted from seaweeds to control harmful algae in aquatic
ecosystems. The authors report the results of a series of anti-cyanobacterial assays with
different extracts from seaweeds from Morocco, which demonstrate the anti-cyanobacterial
properties of Cystoseira tamariscifolia and its potential use in developing environmentally
friendly procedures to control the growth of toxic cyanobacteria.

Last, the paper by Esterhuizen [14] presents a systematic approach to planning, con-
structing, monitoring, and optimizing a phytoremediation system for the treatment of
wastewater from aquaculture. In their study, the authors constructed a large-scale Green
Liver System requiring minimal maintenance and low construction costs based on the use
of macrophytes. Because aquacultural wastewaters are eutrophic, cyanobacterial blooms
flourish in them and can often result in the presence of cyanobacterial toxins. However, the
authors’ study demonstrated that various microcystins were effectively removed in their
bioremediation process.
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Abstract: Combining coagulants with ballast (natural soil or modified clay) to remove cyanobacteria
from the water column is a promising tool to mitigate nuisance blooms. Nevertheless, the possible
effects of this technique on different toxin-producing cyanobacteria species have not been thoroughly
investigated. This laboratory study evaluated the potential effects of the “Floc and Sink” technique on
releasing microcystins (MC) from the precipitated biomass. A combined treatment of polyaluminium
chloride (PAC) with lanthanum modified bentonite (LMB) and/or local red soil (LRS) was applied to
the bloom material (mainly Dolichospermum circinalis and Microcystis aeruginosa) of a tropical reservoir.
Intra and extracellular MC and biomass removal were evaluated. PAC alone was not efficient to
remove the biomass, while PAC + LMB + LRS was the most efficient and removed 4.3–7.5 times more
biomass than other treatments. Intracellular MC concentrations ranged between 12 and 2.180 µg L−1

independent from the biomass. PAC treatment increased extracellular MC concentrations from 3.5 to
6 times. However, when combined with ballast, extracellular MC was up to 4.2 times lower in the top
of the test tubes. Nevertheless, PAC + LRS and PAC + LMB + LRS treatments showed extracellular
MC concentration eight times higher than controls in the bottom. Our results showed that Floc and
Sink appears to be more promising in removing cyanobacteria and extracellular MC from the water
column than a sole coagulant (PAC).

Keywords: toxic bloom; cyanobacteria mitigation; geo-engineering; Dolichospermum; Microcystis;
eutrophication control

Key Contribution: The Floc and Sink technique can effectively settle the biomass comprised of
Dolichospermum circinalis and Microcystis aeruginosa and showed potential microcystin adsorption
depending on the ballast used.

1. Introduction

Cyanobacteria perform many vital functions to the health of ecosystems, especially
as photosynthetic organisms (e.g., oxygen production and nitrogen-fixing); however, they
have become an increasing issue worldwide, mainly due to the massive proliferation of
toxin-producing species caused by anthropogenic eutrophication [1–3]. Cyanobacterial
blooms represent a threat to human health and aquatic biota, mainly due to the potential
contamination by toxins [1–3].
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Cyanotoxins comprise many compounds with wide variations in the chemical struc-
ture, causing effects in exposed invertebrates and vertebrates. In freshwaters, the most
common cyanotoxin is the hepatotoxic MC, which presents more than 300 known vari-
ants [4]. MCs are cyclic heptapeptides with a general structure (Figure S1) composed of
D-alanine, a variable amino acid (X1), D-MeAsp (D-erythro-β-methylaspartic acid), another
variable amino acid (X2), Adda ((2S,3S,4E,6E,8S,9S)-3-amino-9-methoxy-2,6,8-trimethyl-
10-phenyldeca-4,6-dienoic acid), D-glutamic acid, and Mdha (N-methyldehydroalanine).
MCs have been named according to the standard one-letter amino acid code applied to
the variable amino acids X1 and X2 (present in the positions 2 and 4, respectively). For
example, the one-letter codes A, R, L, F, Y, and W present in some MCs variants (e.g.,
MC-RR, MC-LR, MC-LA, MC-LF, MC-LW, MC-YR, Figure S2, Table S1) represent the
amino acids alanine (A), arginine (R), leucine (L), phenylalanine (F), tyrosine (Y), and
tryptophan (W). Other structural modifications are added to the name as a suffix, such as
[D-Asp3] which represents a missing methyl group in the position 3 of MCs structure (e.g.,
[D-Asp3]MC-RR and [D-Asp3]MC-LR, Figure S2) [3]. Studies have reported that MCs were
shown to be tumor promoters, immunotoxicants, and endocrine disruptors [5–7]. This
toxin can inhibit protein phosphatases 1 and 2A, promote DNA fragmentation, necrosis,
apoptosis, and intrahepatic bleeding, leading to death [1,8]. MC-producing cyanobacteria
blooms have been described in 80 countries, and the genera Microcystis and Planktothrix
are considered the most potent sources because they are often associated with high toxin
levels [9]. However, the filamentous genus Dolichospermum (formerly Anabaena) contains
species capable of producing MCs [9] and are considered as potential MC producers in risk
assessments [3], mainly strains from high latitudes [10–12]. MC-producing strains have
also been recorded at moderate latitude [13] and low latitude [14,15].

Although the most coherent way to mitigate eutrophication is to reduce the external
nutrient input [2,16], it is also an onerous approach in developing countries, where the
sewage system and treatment are inefficient, requiring expensive investments [17]. Fur-
thermore, there is a need to control the internal nutrient load to accelerate the system’s
recovery [18].

The coagulation and precipitation of cyanobacteria biomass and phosphate (P) is a
promising tool to manage eutrophication and its nuisance [19]. This technique combines
a ballast and a coagulant (Floc and Sink) that moves intact cells and P out of the water
column, bound to ballast, toward the sediment, and is proven safe [19–23]. However,
the coagulation step is a critical part of this technique because the coagulant can cause
physiological or chemical stress to cell membranes, releasing intracellular toxins and P into
water [20,21,24]. Polyaluminium chloride (PAC) is widely used as an inorganic flocculant
in drinking water supply plants [25,26], wastewater treatment [27], and in-lake restoration
measures to mitigate cyanobacterial blooms [23,28–30]. Its mechanism of coagulation
includes charge neutralization, sweep coagulation, and bridge aggregation [31]. Algal
blooms coagulation can suffer interference from the release of algogenic organic matter
(AOM) into the water, extracellularly (EOM), and intracellularly (IOM) when cell lysis
occurs [32]. One mechanism AOM interferes in the coagulation efficiency is by forming
complexes with cations [33]. More specifically, studies have shown that proteins from
Microcystis aeruginosa interfere with coagulation by forming chelate complexes with the
coagulant [34,35]. PAC also interacts with humic acid, reducing its effectiveness [36,37].
The reduction of humic acid is important in lake restoration measurements because of it
interferes in phosphorus adsorption by lanthanum modified clay [38,39]. Although all
these cited interferences can affect the flocculation efficiency, each water body is unique
and has physical, chemical and biological characteristics. In each system, algal removal can
be achieved by conducting experimental trials aiming to find the right flocculant and the
best dosage [28,40,41]. In our study, PAC was chosen because it previously showed high
efficiency to flocculate cyanobacterial blooms at the Funil reservoir [23,42]. In addition
to PAC, LMB and LRS as a ballast present similar efficiency to settle the cyanobacteria
with similar dosages [21,23,28]. Both compounds are solid-phase P sorbents (SPB), but
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also the removal of extracellular harmful algal toxins from the water has already been
recorded for them [21,43]. Floc and Sink proved to be efficient in laboratory tests, cleaning
the water column without indicating cell lysis [19]. Moreover, water from a tropical
eutrophic reservoir could be cleared from cyanobacteria [23,42]. At the time of those studies,
the samples comprised predominantly small spherical/flat colonial cyanobacteria (e.g.,
Microcystis aeruginosa, Microcystis brasiliensis, Microcystis panniformis). The majority of Floc
and Sink studies have been performed with Microcystis [41,42,44]. Some studies, however,
indicated that the efficiency of the Floc and Sink technique in cell removal varied among
cyanobacteria species [21]. A recent study also mentioned that “the applicability of the
technique to genera of cyanobacteria that have not yet been studied is unknown” [44]. One
of the genera of which no information exists about how well it can be removed from water
by the Floc and Sink technique is the filamentous genus Dolichospermum which recently
became dominant in the phytoplankton community of a tropical eutrophic reservoir in the
southeast region of Brazil (Funil Reservoir).

Since controlling eutrophication and mitigating cyanobacteria nuisance have been
considered a crucial challenge to agencies and companies responsible for producing
and distributing potable water [21,23], insight into the removal efficacy of filamentous
Dolichospermum species is needed. The experiments executed here tested the hypothesis
that the Floc and Sink technique efficiently removes the cyanobacterial biomass composed
mainly of Dolichospermum circinalis with undergrowth of Microcystis aeruginosa in a deep
tropical reservoir without MC releasing.

2. Results
2.1. Coagulant Range

In the experiment testing different doses of PAC, the cyanobacteria suspension pre-
sented no positive buoyancy, and after the incubation (2 h), most of the biomass was in
the bottom of the tube, as shown in the control (Figure 1). The chlorophyll-a concentration
in the top 5 mL of the tubes containing PAC varied from 1.6 to 1.9 times less than in
the bottom 5 mL of the control tube (Figure 1). The best dosage was 3 mg L−1, yielding
the high biomass concentration in the bottom of the tube. The pH decreased gradually
with the increasing dose of PAC concentrations, from 1 mg L−1 (Figure 1). Moreover, the
Photosystem II efficiency (ΦPSII) reduced progressively in the top and bottom 5 mL in the
PAC range tubes from 1 mg L−1.

2.2. Floc and Sink Assays

The cyanobacterial suspension in this experiment presented similar distribution in the
water column. As indicated in the controls, the chlorophyll-a concentrations in the top of
the cylinders were similar to the bottom, even after incubation (Figure 2). The addition
of only PAC doubled the concentration of cyanobacterial biomass in both areas of the
cylinders (Figure 2). This effect was strongly modified when PAC was combined with
a ballast. Virtually all biomass was precipitated to the bottom of the cylinders with the
addition of LMB and/or LRS (Figure 2). The chlorophyll-a concentration in the top of the
cylinders in these treatments with ballast was 20 to 60 times lower than in the controls
(Figure 2A), reaching a removal efficiency of 97 ± 1.8%, whereas in the bottom of the
cylinders, there was 4.3 to 7.5 times more chlorophyll-a than in the control (Figure 2B).
One-way ANOVA indicated a significant difference in chlorophyll-a concentrations among
treatments for the top (F4,14 = 28.275; p < 0.001) and the bottom (F4,14 = 22.910; p < 0.001) of
the cylinders. In the bottom of the cylinders, three homogeneous groups for chlorophyll-
a concentrations were found: (i) the lowest concentration was observed in the control;
(ii) similar to each other, but higher values than control were found for PAC, PAC + LMB,
and PAC + LRS; (iii) the highest concentrations were detected in the PAC + LMB + LRS
treatment (Figure 2B).
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Figure 1. Chlorophyll-a concentrations (µg L−1) in the top 5 mL (top light gray bars) and bottom
5 mL (lower dark gray bars), Photosystem II efficiency (ΦPSII) (circles), and pH values (triangles) of
60 mL cyanobacteria suspensions incubated for 2 h in the presence of different concentrations (1, 2,
3, and 4 mg Al L−1) of the coagulant PAC (polyaluminium chloride). The control is represented by
0 mg Al L−1.

The ΦPSII did not show a difference among treatments in the top of the cylinders
(F4,10 = 3.259; p > 0.001), but ΦPSII of PAC + LMB + LRS treatment was significantly lower
than the control and other treatments in the bottom of the cylinders (p = 0.002) (Figure 2A,B).
Differences were observed in pH between the control and all treatments (F4,10 = 79.083;
p < 0.001) (Figure 2).

2.3. Effects on the Microcystins Concentrations

Total intracellular MC concentration in the top of the cylinders varied from 12 to
2049 µg L−1 (Figure 3A) and in the bottom, from 176 to 2180 µg L−1 (Figure 3B). Total
intracellular MC values in the top of the cylinders (Figure 3A) were significantly higher
in the control and the PAC treatment alone than in the other treatments (F4,12 = 59.980;
p < 0.001). Total intracellular MC concentration in the top of the treatments combining PAC
with a ballast was 40 times (PAC + LMB) to 148 times (PAC + LRS) lower than in the control.
We also observed a significant difference between total intracellular MC concentrations in
the bottom of the cylinders (F4,13 = 23.326; p < 0.001). The PAC + LMB + LRS treatment
had the highest intracellular MC concentration in the bottom and was different from the
control and PAC treatment (Figure 3B). No difference was recorded in the bottom of the
tubes among treatments that combined PAC and a ballast (Figure 3B). Total intracellular
MC concentration in treatments with a ballast was 7 to 12 times higher than in the control.
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Figure 2. Chlorophyll-a concentrations (µg L−1) in the top 15 mL ((A) top light gray bars) and bottom
15 mL ((B) lower dark gray bars), Photosystem II efficiency (ΦPSII) in the top ((A) filled circles), and
bottom ((B) open circles) and pH values ((A) triangles) of 1 L cyanobacteria suspensions from the
Funil Reservoir incubated for 2 h in the absence (control) or presence of the coagulant (polyaluminium
chloride, PAC 3 mg Al L−1) and coagulant combined with ballast (lanthanum modified bentonite,
LMB 0.2 mg L−1, and local red soil, LRS 0.2 mg L−1) separately or in binary mixtures (lanthanum
modified bentonite, LMB 0.1 mg L−1, and local red soil, LRS 0.1 mg L−1). The dotted line indicates
the initial chlorophyll-a concentration in the cylinders, error bars represent one standard deviation
(n = 3), and similar letters indicate homogeneous groups according to the Holm–Sidak post-hoc test
(p < 0.05).

Six MC variants were detected in the intracellular samples (WR, YR, FR, LR, and
[D-Asp3] RR), while only three of those were found in extracellular samples (YR, LR,
and RR). RR was the most abundant variant in both the intra- and extracellular samples,
followed by LR and YR (Figures 3 and 4). In samples with chlorophyll-a <11 µg L−1, the
variants WR, FR, and [D-Asp3] RR were not detected. The concentration of the intracellular
MC variants varied between treatments in the top and the bottom of the cylinders. The RR
variant was the most abundant, representing an average of 69% in the top and 73% at the
bottom of the cylinders, whereas the YR was less abundant, representing an average of 6%
and 3% in the tube’s top and bottom, respectively.
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Figure 3. Intracellular concentrations (µg L−1) of MCs and their variants in the top of the cylinder
(A) and bottom (B) in 1 L of cyanobacteria suspensions from the Funil Reservoir incubated for 2 h
in the absence (control) or presence of the coagulant (polyaluminium chloride, PAC 3 mg Al L−1)
and coagulant combined with ballast (lanthanum modified bentonite, LMB 0.2 mg L−1, and local
red soil, LRS 0.2 mg L−1) separately or in binary mixtures (lanthanum modified bentonite, LMB
0.1 mg L−1, and local red soil, LRS 0.1 mg L−1). The black diamonds represent the total intracellular
MC in the treatments. Similar letters indicate homogeneous groups in the total MC according to the
Holm–Sidak post-hoc test (p < 0.05).

Total extracellular MC concentrations in the top of the cylinders were consider-
ably lower than intracellular concentrations and varied between 0.33 and 3.14 µg L−1

(Figure 4A). Although PAC increased 2.3 times the extracellular MC concentration, when
combined with LMB, it reduced 75% of the MC concentration. PAC + LMB + LRS and
PAC + LRS reduced 64% and 50%, respectively. One-way ANOVA indicated significant
differences in total extracellular MC concentrations in the top of the cylinders (F4,10 = 8.174;
p = 0.003). The PAC treatment was significantly different from the PAC + LMB and
PAC + LRS and similar to PAC + LMB + LRS (Figure 4A). Nevertheless, no difference
was recorded among treatments with ballast and control at the top (Figure 4A). The treat-
ments combining PAC and ballast had 1 to 4.2 times less extracellular MC in the top than
treatment with PAC only. Extracellular MC concentrations were also different among
treatments in the bottom of the cylinders (F4,6 = 9.433; p = 0.009). The Holm–Sidak post-hoc
test separated the extracellular MC concentrations in the bottom of the cylinders into two
groups: (i) PAC, PAC + LRS, and PAC + LMB + LRS and (ii) control (Figure 4B). The
highest concentration of extracellular MCs (5.67 µg L−1) in the bottom of the cylinders was
observed in the PAC + LMB + LRS treatment (Figure 4B). The ANCOVA analysis showed
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no influence of biomass on the extracellular MC concentration in the top (F1,9 = 2.127;
p = 0.179) and in the bottom (F1,8 = 1.534; p = 0.251).
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Figure 4. Extracellular concentrations (µg L−1) MCs and their variants in the top of the cylinder
(A) and bottom (B) in 1 L of cyanobacteria suspensions from the Funil Reservoir incubated for 1 h
in the absence (control) or presence of the coagulant (polyaluminium chloride, PAC 3 mg Al L−1)
and coagulant combined with ballast (lanthanum modified bentonite, LMB 0.2 mg L−1, and local
red soil, LRS 0.2 mg L−1) separately or in binary mixtures (lanthanum modified bentonite, LMB
0.1 mg L−1, and local red soil, LRS 0.1 mg L−1). The black diamonds represent the total intracellular
MC in the treatments. Similar letters indicate homogeneous groups in the total MC according to the
Holm–Sidak post-hoc test (p < 0.05).

3. Discussion

This study tested the hypothesis that the Floc and Sink technique could efficiently
remove the cyanobacterial biomass comprised of filamentous Dolichospermum and small
colonial Microcystis species without releasing MCs in water from a tropical reservoir.
Our results indicated that biomass composed predominantly of Dolichospermum circinalis
and Microcystis aeruginosa could be efficiently removed from the water column using a
mixture of low-dose coagulants and ballasts. PAC in combination with LMB or LRS had
similar efficacy, and this result is in agreement with previous studies carried out in tropical
systems [21–24]. At odds with what was observed by Miranda et al. [21] and Lucena-Silva
et al. [22], we recorded the release of MCs with a low dose of PAC (3 mg Al L−1) and in all
combinations of PAC and ballast. The highest extracellular MC concentration was recorded
in PAC + LMB + LRS, the most efficient treatment in removing biomass. Nevertheless,
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the decrease in MC concentration in the top of the cylinders treated with PAC + LMB and
PAC + LRS and the lower concentration of MC compared to solely PAC suggests the clays’
potential capacity as ballast to remove dissolved MC from the water column [45–47].

3.1. Coagulant Range

Algal morphology and other characteristics (e.g., motility, surface charge, and ex-
tracellular organic matter) influence the coagulation and sedimentation processes [48].
In laboratory conditions, Miranda et al. [21] showed that similar concentrations of PAC
resulted in distinct responses for blooms of the filamentous Raphidiopsis raciborskii (for-
merly Cylindrospermopsis raciborskii) and the colonial Microcystis aeruginosa. The filamen-
tous species (R. raciborskii) formed flocs and subsequently sank, whereas the colonial species
accumulated at the surface. Experiments with water samples dominated by the filamentous
species Planktothrix agardhii and R. raciborskii also presented a tendency to sink in a wide
range of PAC concentrations (2–32 mg Al L−1) [22]. In our experiment, the biomass con-
centration was higher at the bottom of the tube than at the top, possibly reflecting the coag-
ulant effect on the dominant filamentous species, Dolichospermum circinalis. Based on these
studies executed in freshwater, we could suggest a pattern where the filamentous species re-
sponse to PAC is to sink, and colonial spherical tends to float. This hypothesis is also supported
by differences between our results and the other study performed in the same system [23],
in which the dominant species were the colonial spherical Microcystis brasiliensis (formerly
Sphaerocavum brasiliense) and Microcystis panniformis. With a similar design, the experiment
tested a range from 1 to 32 mg Al−1 of PAC, and in all concentrations, the biomass presented
positive buoyance, accumulating in the top of the tubes [19].

We recorded a gradual decline in pH during the experiment, starting from 7 in control
and 6.8 in the dose of 1 mg Al L−1 to 6.5 in the highest PAC dose of 4 mg L−1, values
considered safe to the cyanobacteria’s physiological status [18]. Because hydrogen ions are
released during hydrolysis of aluminum-based coagulants, they may cause a decline in the
pH, promoting cell lysis [23,49]. There are reports of this phenomenon in the literature from
doses ≥8 mg Al−1 [21,23], almost three times more than the 3 mg Al L−1 dose chosen as the
optimal dose in this study. The ΦPSII was not affected up to 1 mg of AL L−1 and decrease
sharply from this concentration, being at odds with other studies where the decrease was
recorded from 8 mg Al L−1 [41,50,51]. Miranda et al. [21] observed a reduction not only in
the ΦPSII but also in the pH in water dominated by Microcystis when using higher doses
of PAC (16 and 32 mg Al L−1) in the PAC range test. These results suggest that there is
no direct action of the PAC on the ΦPSII, which may vary according to the organism’s
physiological state or vary between species.

3.2. Floc and Sink of Cyanobacteria

As we expected, the Floc and Sink experiment showed that D. circinalis and M. aeruginosa
could be precipitated using a combination of a low dose of PAC and LMB and LRS
as a ballast. These results agree with other studies conducted in tropical freshwater
systems [19,52,53]. Several coagulants and clays (as ballast) have been tested, aiming to
find a safe, efficient, and cheaper treatment [21,23,42]. In tropical aquatic ecosystems, both
combinations (PAC + LMB and PAC + LRS) have shown similar efficacy in removing
cyanobacterial biomass in laboratory tests [21,23]. The LMB is known as the commercial
name Phoslock [54], is more expensive than LRS, a material easily found in banks of natural
aquatic systems in the southeast of Brazil [51]. However, LMB has a great advantage over
LRS: it immobilizes more P per unit product than LRS [51]. We also decided to test the
efficacy of these two materials together (LMB + LRS) combined with PAC to reduce the
cost of the potential application. All tested treatments had similar total ballast dosages.
However, the treatment with PAC + LMB + LRS removed 38% more biomass than the
treatment with just a single ballast (PAC + LMB or LRS).

The lanthanum of LMB has a strong affinity for P, forming an electrostatic interaction
with flocks of biomass previously formed by charge neutralization of PAC [19,21,23,28].

12



Toxins 2021, 13, 405

This process turns these flocks heavy, sinking the cyanobacteria biomass. Natural soils
present less affinity for P but can perform other mechanisms inducing sedimentation [23].
Previous tests in the Funil Reservoir using PAC + LRS and PAC + LMB showed excellent
flocculation and sedimentation of biomass formed by D. circinalis and M. aeruginosa and
was achieved without effects on the zeta potential [23]. On that occasion, the authors
suggested inter-particle bridging and sweeping as a mechanism of flocculation followed by
sedimentation. In other laboratory studies, the combined use of a coagulating metal salt and
colloidal local soil solution has been shown to increase the electrostatic interaction, bridging,
and enmeshment, which enhanced the effective collision between algal cells and clay
particles and inducing sedimentation [44]. Considering this information, we suggest that
the combined use of PAC + LMB + LRS were able to increase removal efficiency due to firstly,
the action of the different chemical flocculation mechanisms provided by two different
ballast, and secondly, the presence of inorganic particles with different granulometry,
increasing the action of the physical mechanism in biomass flocks of different sizes, which
led to improved sweep flocculation. It is noteworthy that the LRS is composed of coarse
sand (2–0.0 mm), fine sand (0.20–0.05 mm), silt (0.05–0.002 mm), and clay (<0.002 mm) [23].

Surprisingly, a reduction in ΦPSII was observed in the bottom of the cylinders when
LMB and LRS were used together. This parameter expresses the Photosystem II effi-
ciency, giving a more realistic evaluation of the physiological status of the cells un-
der the tested conditions [23,55,56]. However, we cannot assume that a reduction of
30% in ΦPSII reflects cell lysis [57]. A reduction in ΦPSII was already recorded using
PAC (2 mg Al L−1) + ≤100 mg LMB L−1 in tests with the filamentous species Planktothrix rubescens,
but there was no evidence of cell damage [19,50,58]. Miranda et al. [21] used 4 mg of Al L−1

in the filamentous species R. raciborskii and 8 mg of Al L−1 in the small colonial Microcystis
in the Floc and Sink experiment and observed a marginal effect on the pH and ΦPSII,
indicating no damaging of the cells during the incubation time. Thus, based on our data of
pH and ΦPSII, we cannot affirm the occurrence of the cell lysis, although it seems the stress
in ΦPSII may have stimulated MC liberation.

3.3. Effects of Floc and Sink Technique on the MCs Concentration

The Floc and Sink technique was proposed as a tool to manage eutrophication and
cyanobacterial blooms [19,50,58]. One of the advantages of this technique is the possi-
ble coagulation and sinking of cells without lysis [19,50,58] and a later degradation of
cyanobacteria and their toxins in the sediment [59,60]. In this way, we expected that the
pH and ΦPSII would remain steady or with low variations, not causing cell damage, and
that the intra and extracellular MC amounts would remain unchanged after treatment.

In this study, six variants of MC were identified in the intracellular form. The less abun-
dant variants could not be quantified in the low biomass. Only the three most abundant
intracellular MC variants were also identified in the extracellular MC samples. Although in
our experiments, the dosage of PAC (3 mg Al L−1) was below a critical dosage described in
the literature, and the pH remained stable and under a safe level [19,21–23,49], we recorded
variations in intra- and extracellular MC values among the control and the treatments.
Firstly, we cannot generalize the physiological responses; different cyanobacteria species
will respond differently to the same treatment, and different strains of the same species
may also respond differently [57], so this precludes direct comparison with other studies.
Second, we also cannot consider that a variation in the intracellular MC portion is just
a consequence of the release. We have biomass comprised of a natural phytoplankton
community, predominantly composed of two different species with morphological differ-
ences and probably various strains producing MC or not. In that view, different species or
strains may possess different buoyancy, as exemplified in the controls by the discrepancy
between the biomass (chlorophyll-a) and the measured intracellular MC concentration.
Whereas chlorophyll-a concentrations in both the top and the bottom of the tubes were
similar (see Figure 2), intracellular MC concentrations in the top were 10 times higher
than in the bottom (see Figure 3A,B). In addition, we have the influence of the treatment
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under all these variables mentioned above. An evaluation of the coagulation properties of
ten microalgae and cyanobacteria species showed that not just the type of coagulant and
dosage influence the effectiveness of the coagulation process but also the species [61]. Based
on this, we presume that species characteristics (e.g., morphology, mucilage, surface charge,
etc.) could affect the coagulation process. Thus, it was not expected that the distribution
of species and, consequently, the intracellular MC of flocculated biomass in the cylinders
occurs homogeneously. In this way, with the methodology adopted in this study, we did
not consider any variation in the intracellular MC portion as an irrefutable indicator of
toxin release.

Among the coagulants commonly used to remove cyanobacterial biomass, PAC is
safer than other aluminum-based salt coagulants because a lower dose is needed to obtain
efficient results. Consequently, there is less pH reduction, preventing cell lysis during
the settling process and the liberation of intracellular toxins [62,63]. However, we ob-
served an increase of 2.3 and 4.6 times in the extracellular MC in the bottom and top
of the cylinders, respectively, for PAC treatment compared to control. Unlike our find-
ings, Miranda et al. [21] applied a dose of 4 mg Al L−1 in water samples dominated by
R. raciborskii and Microcystis spp. and had not observed any significant alteration in sax-
itoxins or MC concentration. Lucena et al. [22] reported that PAC had not affected the
extracellular MC fraction, indicating no cell lysis in experiments using water samples
dominated by P. agardhii and R. raciborskii. An explanation for the divergences between our
results and those in the published literature would be the initial pH; here it was ~7 while
the similar tests were around 8–10 [21,22]. Another explanation is that the tests already
carried out were comprised of biomass of different cyanobacteria species. There are no
data about the coagulation process with Dolichospermum species. Another possibility is the
physiological stage of cells in our samples. The release of toxins appears to occur mainly,
but not exclusively, during cellular senescence [3]. From a physiological perspective, the
PAC solution can be more toxic when the cells are in the senescence phase [3].

In the Floc and Sink experiment, we sampled both the top and bottom of the cylinders.
We observed that the extracellular MC concentration was higher in the bottom of the
cylinders, giving the impression that it was higher in more dense biomasses. Although the
covariance analysis (ANCOVA) has shown that there is no effect of biomass on extracellular
MC, we cannot ignore that the cell lysis may not happen immediately after the application
of the treatment, occurring after cells sedimentation [24] and promoting more extracellular
MC concentration in more dense biomasses. It may also happen during the filtration
process due to initial slight cell damage promoted by PAC added to the mechanical action
of the sampling process. Furthermore, MC release may not occur due to cell lysis specifi-
cally but because of the chemical stress response. Coagulation tests with polyaluminium
ferric chloride and the filamentous species R. raciborskii reported increasing extracellular
saxitoxins even without any indicator of cell lysis [21]. The authors attributed this result to
the fact that filamentous species are more susceptible to external stress than small colonial
species. In this study, we did not use any direct test of cell lysis. However, considering
the incubation time and our results, we can say that lysis did not occur immediately after
applying of the technique but after the sinking of the cyanobacteria.

Additionally, MCs’ bioavailability in the water column is influenced by suspended
particles’ adsorption, especially clays [45,64]. The MC desorption process was already
described, and the stability of this bound MC depends on the clays’ composition [65,66].
Hence, MC molecules, which are unstably connected to ballast particles after sedimentation,
were released by adverse reactions, increasing extracellular MC levels in the bottom of
the cylinders. Nonetheless, more research is needed to disentangle possible coagulant
MC-liberating and ballast MC-adsorbing/desorbing effects. Some studies have indicated
that a Floc and Sink treatment can reduce biomass and MCs strongly [57], while LMB itself
could lower extracellular MC concentration by 61–86% [46].

There are some possibilities for the non-homogeneity in dissolved MC in the water
column, first when the tests are carried out with a natural phytoplankton population and
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large water volumes. Another reason is the potential property of clays in reducing the
concentration of dissolved MC. LMB and LRS adsorption may have indirectly influenced
dissolved MC concentration. The PAC + LMB treatment showed a significant reduction
in extracellular MC (73%) compared to only PAC treatment on the top of the cylinders. If
PAC promoted MC release, as observed by comparing to control, the reduction recorded
in PAC + LMB treatment could be due to LMB sorption. These findings agree with the
recently reported capacity of LMB to lower extracellular MC concentration [45,64]. A
similar activity could be observed in PAC + LRS treatment. The extracellular MC decreased
by 88% in the top of the cylinders. Laboratory studies showed that sediment particles
applied in the water column effectively reduced MC concentration to less than the detection
limit [45,64]. Noteworthy, no significant difference was observed in the bottom of the
cylinders in all treatments.

Unexpectedly, no difference was recorded in MC-extra in the top of the cylinders
between PAC + LMB + LRS and PAC treatment. A possible explanation for the divergence
between this treatment and others with ballast is that the ballast compound showed no
linear adsorption capacity. Investigating the ability to absorb MC by LMB, the authors
observed that at the doses of 50, 100, and 150 ppm, the decrease in MC concentrations was
61.2%, 86.0%, and 75.4%, respectively, relative to the control [50,60]. Many studies have
focused on the adsorptive capacity of MC in sediment [50,60], but little is known about the
potential of MC adsorption by lanthanum modified bentonite (LMB). These facts would
justify the differences observed in extracellular MC concentration between treatments that
contained ballast since we think that MCs’ release was promoted by adding PAC in all
ballast treatments.

We emphasize that in this study, at the top of the cylinders in all treatments combining
coagulant and ballast, the extracellular MC concentration was below 1 µg L−1, the maxi-
mum acceptable values adopted by WHO [3] and the Brazilian Government. Although
we observed an increase in extracellular MC concentration after application of the Floc
and Sink technique, especially in the bottom of the cylinders of PAC, PAC + LRS, and
PAC + LMB + LRS treatments, these extracellular MC amounts are negligible compared
with the intracellular concentrations that range from 1.2 to 2.2 µg L−1 in the same treatments.
For instance, in the most efficient treatment in removing biomass, PAC + LMB + LRS, it
is less than 0.3%. Moreover, some authors consider that lysis of cyanobacteria after sedi-
mentation of biomass is beneficial in reducing the possibility of recolonization of the water
column by perturbations or bioturbation process, whereas near the sediment, liberated
toxins can be adsorbed and degraded by decomposing bacteria [50,60]. These results show
that Floc and Sink is a promising tool to manage toxic blooms. However, we suggest a
detailed investigation of PAC effects on different species of toxin-producing cyanobacteria,
and additionally, an investigation of the potential capacity for MCs adsorption in LMB and
clays is needed.

4. Conclusions

Our results showed that combining a low dose of coagulant with a ballast compound
effectively removed biomass composed predominantly of Dolichospermum circinalis and
Microcystis aeruginosa from the water column. PAC + LMB + LRS was the most efficient com-
bination to settle the cyanobacteria biomass in the bottom of the tubes. PAC promoted the
release of MC but combined with ballast, and the concentrations remained similar to control
in the top. PAC + LMB was efficient to remove biomass and maintained concentrations of
extracellular MC similar to the control. Although we observed an increase in extracellular
concentrations of MC in the bottom of the tube after the application of PAC + LRS and
LMB + LRS, the concentrations were extremely low, which does not preclude technical use.
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5. Materials and Methods
5.1. Sampling

The Funil Reservoir is a eutrophic system located in southern Brazil (22◦30′ S and
44◦45′ W) at 440 m of altitude, in a warm-rainy tropical climate area (Cwa in the Köp-
pen system). Since the 1980s, toxigenic cyanobacterial blooms with a dominance of
Microcystis aeruginosa have been registered in this reservoir, especially during warm periods [67,68].

For the experiments, water samples were collected in the mild-cold season and concen-
trated with a plankton net (50 µm mesh) to create a cyanobacterial suspension, yielding an
initial concentration of ~155 µg L−1 of chlorophyll-a. The total cyanobacteria biomass in the
sample was composed of 72% Dolichospermum circinalis (Rabenhorst) Wacklin, Hoffmann
and Komárek, 23% Microcystis aeruginosa (Kützing) Kützing, 3% Dolichospermum spiroides
(Klebhan) Wacklin, L. Hoffmann and Komárek, and 1% Microcystis panniformis Komárek et al.
At the time of sampling, the pH was 7.38, alkalinity was 499 µEq L−1, turbidity was 16 NTU,
and the water temperature was 21 ◦C.

5.2. Chemicals and Materials

The coagulant PAC (polyaluminium chloride; Aln(OH)mCl3n—m, r ~1.37 kg L−1,
9.5% Al, 21.0% Cl) was obtained from Purewater Efluentes (São Paulo, Brazil). Local red
soil (LRS) was collected from the banks of the Funil Reservoir as described by Noyma
et al. (2016), and the lanthanum modified bentonite Phoslock® (LMB) was obtained from
HydroScience (Porto Alegre, Brazil). LRS and LMB were used as ballast.

5.3. Floc and Sink Assays
5.3.1. Experiment 1—Coagulant Range

A range of PAC concentrations were tested (0, 1, 2, 3, and 4 mg Al L−1). This experi-
ment has no replicates because it followed a regression design to evaluate the most appro-
priate and effective coagulant dosage. The assay was set up in glass tubes (10 × 200 mm)
containing 60 mL of cyanobacteria suspensions with an initial concentration of ~155 µg L−1

of chlorophyll-a. PAC was added at the surface and mixed with a metal rod for 30 s; the
tubes were then incubated for two hours. After the incubation time, the tubes were visually
inspected for flocs formation, and 5 mL aliquots were taken from the top and bottom
of the tubes to determine the precipitation of cyanobacteria biomass. The chlorophyll-a
concentration and the Photosystem II efficiency (ΦPSII) [55] were measured using a PHYTO-
PAM phytoplankton analyzer (Heinz Walz GmbH, Effeltrich, Germany). The pH was also
measured in the tubes.

5.3.2. Experiment 2—Floc and Sink Assays

Based on the first experiment, the coagulant (PAC) dose of 3 mg of Al L−1 was chosen
as an effective dose. This 3 mg Al L−1 of PAC was also combined with LMB (0.2 g L−1),
LRS (0.2 g L−1), and LMB + LRS (0.1 g−1 of each). The dosage of ballast was based on
previous tests [21,23]. The experiment was run in triplicate in acrylic cylinders containing
1 L of cyanobacteria suspensions from the Funil Reservoir. We tested four treatments:
(1) only PAC, (2) PAC + LMB, (3) PAC + LRS, and (4) PAC + LMB + LRS, while the fifth
series remained untreated (Controls). The PAC was added first, followed by the immediate
addition of a slurry of LMB and/or LRS in the top of the cylinders. Subsequently, the
suspensions were mixed with a glass stirring rod, and after two hours, 15 mL samples were
collected from the top and bottom of the cylinders. Then, 8 mL of sample were filtered
through 1.2 µm glass fiber filters (85/70 BF, Macherey-Nagel) to quantify MCs. The filters
were used to quantify intracellular MC, and the filtrate was used to quantify extracellular
MC. Filter and filtrate samples were immediately frozen and kept at −20 ◦C until the
analysis. Then, 5 mL of the samples were used to quantify chlorophyll-a and ΦPSII by
PHYTO-PAM phytoplankton analyzer (Heinz Walz GmbH, Effeltrich, Germany).
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5.4. Sample Analysis
Toxins Analysis

Before the extractions, filters, and filtrates were freeze-dried (Sartorius GmbH, Ger-
many), for the analysis of the intracellular toxins, 2.5 mL of 75% (v/v) methanol (MeOH)
(Merck®, São Paulo, Brazil) was added to the filters in an 8 mL glass tube. After vortexing
the samples for 15 s, they were placed in a water bath (Buchi Heating Bath b-491, São Paulo,
Brazil) for 30 min at 60 ◦C. The suspensions were transferred to new glass tubes. This
extraction step was repeated twice, but this time with 2.0 mL of 75% (v/v) methanol. The
new glass tubes containing 6.5 mL of extract were placed in the Speedvac (Savant SPD121P,
Thermo Scientific, Waltham, MA, USA). After drying, they were resuspended with 2 mL
of MeOH 100% (v/v), vortexed for 15 s and filtered through 0.45 µm PVDF membrane
syringe filters (Analítica, São Paulo, Brazil) into amber glass vials for LC-MS/MS analysis.
For the extracellular toxins analysis, the freeze-dried samples were resuspended with 2 mL
of MeOH 100% (v/v), vortexed for 15 s, and filtered through 0.45 µm PVDF membrane
syringe filters (Analítica, Brazil) into amber glass vials. If needed, the samples with high
MC concentrations were diluted in methanol 75% v/v before re-analysis. The lyophilized
samples were resuspended with 2 mL of MeOH (100%), vortexed for 15 s, and filtered
through 0.45 µm PVDF membrane syringe filters (Analítica, Brazil) into amber vials for
the analysis of dissolved toxins. Samples were then stored in a freezer (−20 ◦C) until LC-
MS/MS analysis. See the Supplementary Materials for additional details on MC recovery
(Table S2).

Toxin determination in all samples was performed by liquid chromatography-tandem
mass spectrometry (LC-MS/MS) using a series 200 HPLC system (Perkin Elmer, Waltham,
MA, USA) coupled to electrospray ionization (ESI) mass spectrometer. Chromatographic
separations were carried out on a Luna C18 column (150 × 2 mm; 5 µm particles, Phe-
nomenex, Torrance, CA, USA). The mobile phases consisted of 5 mM ammonium formate
and 53 mM formic acid in water (mobile phase A) and 90% (v/v) acetonitrile (mobile phase
B). Gradient elution was performed at a flow rate of 300 µL min−1 and followed a linear
increase from 10 to 90% B within 15 min, then it was held at 90% B for 2 min, and returned
to the initial condition (10% B) within 12 min. MS/MS experiments were performed using
an API 365 triple quadrupole (QqQ) mass spectrometer (AB Sciex, Concord, ON, Canada)
equipped with a turbo ion spray source. The instrument was operated using the selected
reaction monitoring (SRM) mode, with specific m/z transitions selected for the highest
sensitivity and selectivity. Single and double-charged ions were monitored in positive
ion mode. Characteristic precursor ions for SRM were m/z 519 (RR), 910 (LA), 986 (LF),
995 (LR), 1025 (LW), 1045 (YR), 512 ([D-Asp3] RR), and 981 ([D-Asp3] LR). As only MCs
were detected in the studied samples, MCs’ quantification in SRM mode was based on
the characteristic Adda fragment at m/z 135. Calibration standards of non-demethylated
MCs were obtained from Abraxis (Eurofins®, Nantes, France) and prepared in methanol
75%. Samples were quantified using a calibration curve and subsequently corrected for
recovery. Quantification of the demethylated MC structures was performed by relative
quantification using the corresponding non-demethylated MC as analytical standards.

5.5. Statistical Analysis

A one-way ANOVA analysis was performed to evaluate the differences in chlorophyll-
a and MC concentration between treatments in the tool pack SigmaPlot (12.5 version, Rio de
Janeiro, Brazil). A pairwise multiple comparison post-hoc test (Holm–Sidak) was applied
to distinguish means that were significantly different (p < 0.05). The ANCOVA analysis
was also performed in IBM SPSS Statistics® (2.0 version, Rio de Janeiro, Brazil) to evaluate
the linear relationship between biomass and MC concentration.

Supplementary Materials: The following are available online at https://www.mdpi.com/article/
10.3390/toxins13060405/s1, Figure S1: Microcystins (MCs) general structure, cyclo-(D-Ala1-X1

2-D-
MeAsp3-X2

4-Adda5-D-Glu6-Mdha7). D-Ala: D-alanine, X1 and X2: variable amino acids, D-MeAsp:
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D-erythro-β-methylaspartic acid, Adda: (2S,3S,4E,6E,8S,9S)-3-amino-9-methoxy-2,6,8-trimethyl-10-
phenyldeca-4,6-dienoic acid, D-Glu: D-glutamic acid, Mdha: N-methyldehydroalanine. R1 and R2:
H or CH3., Figure S2: Chemical structure for the MC variants MC-RR, [D-Asp3]MC-RR, MC-YR,
MC-LR, [D-Asp3]MC-LR, MC-LA, MC-LF, and MC-LW. The one-letter codes A, R, L, F, Y, and
W represent the amino acids alanine, arginine, leucine, phenylalanine, tyrosine, and tryptophan,
respectively. The suffix [D-Asp3] represents a missing methyl group in position 3 of MCs structure.
Table S1: Chemical and physical properties of the MC variants MC-RR, [D-Asp3]MC-RR, MC-YR,
MC-LR, [D-Asp3]MC-LR, MC-LA, MC-LF, and MC-LW., Table S2: Recovery in % for MC in two
different matrices (tap water and cultures of Chlorella vulgaris) for three concentrations.
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Abstract: Chitosan has been tested as a coagulant to remove cyanobacterial nuisance. While its
coagulation efficiency is well studied, little is known about its effect on the viability of the cyanobacterial
cells. This study aimed to test eight strains of the most frequent bloom-forming cyanobacterium,
Microcystis aeruginosa, exposed to a realistic concentration range of chitosan used in lake restoration
management (0 to 8 mg chitosan L−1). We found that after 1 h of contact with chitosan, in seven of
the eight strains tested, photosystem II efficiency was decreased, and after 24 h, all the strains tested
were affected. EC50 values varied from 0.47 to >8 mg chitosan L−1 between the strains, which might
be related to the amount of extracellular polymeric substances. Nucleic acid staining (Sytox-Green®)
illustrated the loss of membrane integrity in all the strains tested, and subsequent leakage of pigments
was observed, as well as the release of intracellular microcystin. Our results indicate that strain
variability hampers generalization about species response to chitosan exposure. Hence, when used
as a coagulant to manage cyanobacterial nuisance, chitosan should be first tested on the natural
site-specific biota on cyanobacteria removal efficiency, as well as on cell integrity aspects.

Keywords: lake restoration; cyanobacteria bloom control; membrane integrity; Microcystis aeruginosa;
microcystin

Key Contribution: Chitosan is used as a coagulant to remove cyanobacterial nuisance, but it damages
membranes of Microcystis aeruginosa in a strain-specific manner, leading to the release of intracellular
compounds, including microcystins.

1. Introduction

Cyanobacteria play an essential role in oxygen production, being responsible for half of the
ocean’s primary production [1]. However, cyanobacterial species may form intense blooms under
certain conditions, which have severe impacts on water bodies, such as increased water turbidity,
nocturnal depletion of oxygen, fish kills, and malodour [2,3]. In addition, cyanobacteria can produce
toxins that are harmful to aquatic and terrestrial organisms, including humans and dogs, impeding water
bodies use for recreational activities, drinking water production, fishing, and agricultural use and,
consequently, causing severe economic losses [4–8]. The main cause of cyanobacterial blooms is
the excess of nutrient supply to waterbodies (eutrophication) [9]. Thus, to manage the problem,
nutrients must be limited. The classical and most straightforward approach is to reduce the external
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nutrient input [10–12]; however, adequate catchment control is not always feasible for economic
reasons [13]. In addition, in cases where the internal loading is the primary nutrient source due to
long-term diffuse load (e.g., [14,15]) the reduction in external nutrient sources will be inefficient [16,17].
Hence, to speed-up system recovery and minimize nuisance, in-lake measures have been recognized
as a feasible solution [13,18].

In this context, geo-engineering materials, like the use of low doses of flocculants (e.g.,
PolyAluminium Chloride (PAC) or iron chloride—“Floc”) followed by the addition of natural soils
or modified clays (e.g., lanthanum modified bentonite or aluminium modified zeolite—“Lock/Sink”)
have gained attention as useful tools to mitigate the effects of eutrophication. This “Floc & Lock/Sink”
technique can remove cyanobacteria from the water column while blocking P efflux from the
sediment [19]. This approach has been implemented effectively using PAC or iron chloride as
coagulant [14,15,20]. Recently, an organic coagulant, chitosan, has gained attention as a possible
alternative for inorganic metal-based coagulants [21].

Chitosan is an organic polymer synthesized by alkaline deacetylation of chitin, a biopolymer
extracted from shellfish and crustaceans [22]. Chitosan acts as a cationic polyelectrolyte when
protonated in an acidic medium; thus, its free amino groups interact with the negatively charged
cyanobacterial cell wall [22–24]. Due to its long polymer chain, chitosan can also attach to the cells,
forming bridges that entrap the cells [22]. Chitosan is frequently viewed as an eco-friendly and
non-toxic coagulant [21,24–26], and besides its coagulation property, chitosan is also known for its
antimicrobial activities [27–31], and it has been even used to preserve food [32–34].

Several studies have used chitosan to remove cyanobacteria or dinoflagellates from the water
column, some using chitosan-Modified Local Soils/Sand (MLS, e.g., [21,25,35–39]), others adding
first only chitosan, followed by soils/clays (e.g., [40–43]) and recently a chitosan fiber has been
used [44]. However, in only a few of these studies, the possible chitosan effects on the algal
cells viability were investigated. From these studies, some did not find any adverse effect on the
cyanobacterium Microcystis aeruginosa (e.g., [40–42,45]), whereas others showed a detrimental effect
on the cyanobacterium Cylindrospermopsis raciborskii and growth inhibition in the dinoflagellate
Amphidinium carterae [25,41]. A more recent study from our group indicated rapid cell lysis of some
cyanobacterial species when incubated with chitosan, but a less severe impact on M. aeruginosa [46],
and in this study, cyanotoxin release was not analyzed. In fact, only a few studies so far have addressed
cyanotoxin release caused by chitosan; in some of these studies, toxins were released, and in others,
toxins were not released [35,41,47–49].

Our present study aims to extend the knowledge of possible side effects caused by chitosan on
the cyanobacterium, Microcystis aeruginosa. Possible materials to manage blooms must be efficient,
easy to apply, cheap, and safe [50]. Therefore, an environmentally safe management strategy should be
selected, and methods that cause cell damage and toxin release must be applied carefully or should be
avoided [51].

We tested the response of the most frequently encountered bloom-forming cyanobacterium,
M. aeruginosa [52–54], to a realistic concentration range of chitosan as used in lake restoration
management [49]. Since intraspecific variation was observed in other species [46], we tested eight
different strains of M. aeruginosa. The effect of chitosan was evaluated by analysing the photosystem II
efficiency and filterable Chlorophyll-a concentration. Besides, we analysed cell membrane integrity
and the extracellular microcystin concentration. We hypothesized (1) that chitosan would negatively
affect all the M. aeruginosa strains tested only at the highest chitosan dose, (2) that sensitivity to chitosan
will not differ between strains, and (3) that cell lysis followed by toxin release will be observed only at
the highest chitosan dose.

2. Results

The eight M. aeruginosa strains tested were affected differently by chitosan. Considering the effect
of chitosan on the Photosystem II (PSII) efficiency, we could divide the M. aeruginosa strains based
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on their response into two groups: (1) the strains that have a delayed response to chitosan (MiRF-1,
PCC 7806 ∆mcyB, PCC 7806 and PCC 7820) and (2) the more sensitive strains with an earlier response
(SAG 14.85, CYA 140, PCC 7005 and SAG 17.85) (Figure 1). After 1 h of contact with chitosan, hardly any
effect on the PSII efficiency from the first group of strains was observed (Figure 1A; Table A1). After 4 h,
the effects on PSII efficiency became visible at the highest concentration for the strain PCC 7806 ∆mcyB
and from 1 mg L−1 for the strain PCC 7820 (Figure 1B), while after 24 h, these effects became more
pronounced (Figure 1C), and the PSII efficiencies in strains PCC 7806 and MiRF-1 were reduced at
8 mg chitosan L−1 (Figure 1C).
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Figure 1. (A,D) Photosystem II efficiency (PSII) for all 8 strains tested after 1 h, (B,E) 4 h, and (C,F)
24 h exposure to different concentrations of chitosan (0 to 8 mg L−1). Error bars indicate standard
deviation (n = 3). Grey graphs on the left show the strains with slow response (MiRF-1, PCC 7806
∆mcyB-, PCC7806, and PCC 7820), and graphs on the right show strains with an earlier response (SAG
1485, CYA 140, PCC 7005 and SAG 1785).

The response of strains from the second group was different; SAG 14.85, CYA 140, PCC 7005,
and SAG 17.85 showed already after 1 h a sigmoidal decrease in PSII efficiency with higher chitosan
concentrations (Figure 1D). This pattern persisted after 4 and 24 h of chitosan incubation (Figure 1E,F).

The strains PCC 7820 and SAG 17.85 showed an increase in total and extracellular Chlorophyll-a
concentrations as a response to the chitosan treatments (Figures 2 and A1). At the end of the experiment,
the total Chlorophyll-a concentration of both strains, when exposed to 8 mg chitosan L−1, was three
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times higher than in the control. The other six strains used (MiRF-1, PCC 7806 ∆mcyB, PCC 7806,
SAG 14.85, PCC 7005, and CYA 140) only increased total Chlorophyll-a compared to control after
24 h and in the highest chitosan concentration used. In all strains, pH variation between treatments
remained low and below 0.5 units (Figure A2). The addition of acetic acid did not affect PSII efficiency
(Figure A3).
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Figure 2. Extracellular Chlorophyll-a concentration for MiRF, PCC 7806 ∆mcyB, PCC 7806 and PCC
7820 (A) and for SAG 14.85, CYA 140, PCC 7005 and SAG 17.85 (B) after 24 h exposure to different
concentrations of chitosan (0 to 8 mg L−1). Error bars indicate standard deviation (n = 3).

In the first group of strains (MiRF-1, PCC 7806 ∆mcyB, PCC 7806, and PCC 7820),
extracellular Chlorophyll-a concentrations were elevated at the highest chitosan dose (Figure 2A).
On the contrary, in the second group, at lower chitosan doses, elevated extracellular Chlorophyll-a
concentrations were observed (Figure 2B). Extracellular Chlorophyll-a concentrations differed
considerably among strains, with the highest concentration found in strain PCC 7820 (257 µg
extracellular Chlorophyll-a L−1) and the lowest in strain CYA 140 (16 µg extracellular Chlorophyll-a
L−1), both at the 8 mg chitosan L−1 treatment (Figure 2).

EC50 values for MiRF-1, PCC 7806 ∆mcyB, and PCC 7806 could not be calculated because the
values exceeded the highest dose used (8 mg L−1) (Table 1). SAG 17.85 was the most sensitive strain
with the lowest EC50 value (0.47 mg chitosan L−1) followed by CYA 140 (1.06 mg chitosan L−1),
SAG 14.85 (1.71), PCC 7005 (3.44) and PCC 7820 (4.51, Table 1). One-way ANOVA showed a difference
between the strains (F4,10 = 47.74; p < 0.001) and the Tukey post-hoc test divided the strains into three
different groups: (1) SAG 17.85, CYA 140 and SAG 14.85 were the most sensitive, (2) followed by PCC
7005 and 3) PCC 7820 (Table A1). MiRF-1, PCC 7806 ∆mcyB, and PCC 7806 were the least sensitive.

Table 1. Mean EC50 values (mg L−1; with standard deviation, n = 3) of chitosan for the Photosystem II
efficiency in different M. aeruginosa strains. Letters (A, B and C) represent homogenous groups (Tukey
pairwise comparisons).

M. aeruginosa
Strain

EC50-24 h
(mg L−1)

MiRF-1 >8
PCC 7806 ∆mcyB >8

PCC 7806 >8
PCC 7820 4.51 (0.37) p < 0.0001A

PCC 7005 3.44 (0.42) p < 0.0001B

SAG 14.85 1.71 (0.08) p < 0.0001C

CYA 140 1.06 (0.04) p < 0.0001C

SAG 17.85 0.47 (0.05) p < 0.0001C
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Extracellular microcystins (MCs) concentrations were below the detection level in the filtrates from
incubations of MiRF-1 exposed to 0 to 4 mg chitosan L−1, while the variant MC-LR was detected at 8 mg
chitosan L−1, but below the level of quantification. Likewise, in strain CYA 140, no extracellular MCs
were detected in incubations exposed to 0 to 1 mg chitosan L−1, whereas MC-LR was detected, yet not
quantifiable, at 2, 4, and 8 mg chitosan L−1. On the other hand, in the strain PCC 7820, extracellular
MCs increased with an increasing chitosan concentration (one-way ANOVA; F5,11 = 4516.5; p < 0.001),
and already at 1 mg chitosan L−1, the extracellular MC concentration was significantly higher than in
the control (Figure 3A). In the strain PCC 7806, the extracellular MC variants LR and dmLR increased
only at the highest chitosan dose (Kruskal–Wallis One Way Analysis of Variance on Rank; s H5 = 16.251;
p = 0.006) (Figure 3B). The MC analysis was not affected by the presence of 8 mg of chitosan L−1,
as demonstrated in an incubation experiment (Student’s t-test, p = 0.552, Figure A4).
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Figure 3. Extracellular MCs (bars) and extracellular Chlorophyll-a (line) after 24 h of chitosan exposure
for PCC 7820 (A) and PCC 7806 (B). Errors bars indicate standard deviation (n = 3). Letters represent a
statistical difference (Tukey pairwise comparisons p < 0.05).

For the four most sensitive strains (SAG 14.85, PCC 7005, PCC 7820, SAG 17.85), except for CYA
140, the cell membrane permeability test showed differences between cells exposed to chitosan at each
of the concentrations used and the non-exposed (control) cells (Figure A5). Most of the strains had
similar results as the strain PCC 7820: the non-exposed cells showed only the natural red fluorescence
(Figure 4; panel control B) and no intracellular accumulation of Sytox Green (Figure 4; panel control
C). However, in the treatment with chitosan, intracellular accumulation of Sytox Green was observed
(Figure 4; panel 2 mg L−1 C), while the accumulation was even more substantial at the highest chitosan
dose (8 mg L−1), indicating membrane damage (Figure 4; panel 8 mg L−1 C). In the less sensitive strains
MiRF-1, PCC 7806 ∆mcyB, and PCC7806, such intracellular accumulation of Sytox Green was only
strongly observed at the highest concentration (Figure A6). For certain strains (SAG 14.85, PCC 7005,
PCC 7806 and PCC 7806 ∆mcyB), it was not possible to analyze at the highest concentration the cell
damage via Sytox because the cells were already destroyed.
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Figure 4. Fluorescence images of PCC 7820 cells in the control (upper pictures A–C), 2 mg chitosan L−1

(middle pictures A–C), and 8 mg chitosan L−1 (lower pictures A–C). The panels A shows bright-field
images, B the cyanobacteria autofluorescence (red), and C the intracellular accumulation of Sytox®

Green (green). Scale bar: 20 µm.

3. Discussion

Chitosan has recently received attention as a coagulant to remove cyanobacteria from waterbodies.
It has good flocking properties depending on water chemistry [55] and, combined with a ballast,
can remove cyanobacteria effectively from the water column [21,25,45]. However, effects on the viability
of flocked cyanobacteria have received less attention but are of great importance as chitosan may cause
cell membrane damage in bacteria [56] and may cause cyanotoxin release [41]. Our study filled in
this research gap by testing the response of eight different Microcystis strains to chitosan, while also
measuring extracellular MCs.

Our results are not in agreement with the hypothesis that chitosan would affect the M. aeruginosa
strains only at a high dose. In five strains, an immediate negative impact was detected, while in three
less sensitive strains (MiRF-1, PCC 7806, and PCC 7806 ∆mcyB), a significant reduction in PSII efficiency
was observed only at the highest chitosan dose tested. PSII is one of the reaction centers responsible for
transporting energized electrons to accomplish photosynthesis [57]; thus, a decrease in PSII efficiency
reflects damage to the thylakoid membrane and gives insight into the physiological status of the cells.
The reduction in PSII efficiency most probably reflects increased membrane permeability and cell lysis
that is a result of the cationic amino groups (C-H3

+) of chitosan interacting with negatively charged
cyanobacterial cell membranes [56]. A significant reduction in the PSII efficiency of MiRF-1 cells was
also observed in our previous work [46]. In contrast, some studies found no decrease in PSII efficiency
at similar chitosan concentrations [40–42,45]. These studies had incubated lake water infested with
cyanobacteria only for one hour, which might be too short to evoke a measurable effect. The strains
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SAG 14.85, CYA 140, PCC 7005, and SAG 17.85 were strongly affected after 1 h incubation, but in
MIRF-1, PCC 7806, PCC 7820, and PCC 7806 ∆mcyB, negative effects became apparent after 24 h
incubation. Hence, the exposure time might be an important factor.

We refute the second hypothesis that the sensibility to chitosan would be similar in all strains;
here, we showed that the EC50 varied from 0.47 to >8 mg chitosan L−1. Mucci et al. [46] also found an
intraspecific variability (EC50 of 0.41 and>8 mg chitosan L−1) between two strains of Planktothrix agardhii
equal to what we observed here for M. aeruginosa. All the strains tested in this study were uni-and
bicellular, which implies that the among strain variability seems to be caused by strain specific
characteristics rather than a colonial or unicellular appearance. In addition, the presence or absence
of MCs is not related to chitosan sensitivity, as both the MC-producing wild-type PCC 7806 and its
MC-lacking mutant PCC 7806 ∆mcyB were equally sensitive.

The among strain variability can be explained by differences in the composition of the outer layer
and amount/composition of extracellular polysaccharides (EPS) [58]. EPS are mainly composed of
polysaccharides and proteins [59]. Due to a large number of negatively charged functional groups,
their efficiency in removing heavy metals and organic contaminants protects the cells [60–64]. EPS also
protects M. aeruginosa against strong oxidizers like hydrogen peroxide [60], and consequently, follow-up
studies could explore the role of EPS in among strain variability and among species variability in
sensitivity to chitosan. Another factor that might play a role in chitosan’s sensibility is the charge
density of the membrane in each species/strain. Positively charged chitosan will have electrostatic
interactions with the negatively charged cell wall of the cyanobacteria, where a higher negative charge
density will lead to a stronger interaction with chitosan [65]. Stronger interactions can cause membrane
destabilization and disruption of the membrane, leading to leakage of intracellular substances [29],
as observed in our study.

A literature research on the use of chitosan to flocculate cyanobacterial revealed that about half of
the studies did not analyse any cell health aspects (Table A2). Considering chitosan as a tool to be
applied in water bodies to remove cyanobacteria, it is important not only to look at removal/coagulation
efficiency but also on possible side effects on the aquatic community. From the studies that included a
cell viability indicator, one third showed a negative effect of chitosan on the cells, and two-thirds did
not report any adverse effect (Table A2).

In analogy with our expectation that M. aeruginosa would only be affected at the highest chitosan
dose, we hypothesized that only at these exposures, microcystins would be released from the cells.
Our results, however, are not in line with this third hypothesis. Extracellular microcystins (MCs)
could be detected in the filtrates from all the strains tested, albeit not always at levels allowing
quantification. Nonetheless, in strain PCC 7820 already at 2 mg chitosan L−1 MC release was
significantly higher than in the controls. In the strain PCC 7806, extracellular MC concentration
was elevated at 4 mg L−1 and increased at 8 mg chitosan L−1. Since the MC concentrations in these
treatments were high, such chitosan doses should be used with care when used to treat blooms in
drinking water supplies. The chitosan capacity to remove extracellular MCs has been reported and
can be substantial (e.g., [47,66]). In addition, Miranda et al. [41] using field samples dominated by
M. aeruginosa showed that exposure for two hours to chitosan significantly lowered extracellular MC
concentration. The positively charged chitosan molecules probably interact with negatively charged
microcystins that have a -1 charge over a broad pH range [67]. In our study, however, a clearly different
chitosan effect was observed, namely the release of intracellular MCs. It is likely that extracellular
MCs were first reduced, but evidently the chitosan-induced cell leakage led to significantly enhanced
extracellular MC concentrations compared to non-exposed cells. Likewise, when Miranda et al. [41]
used water dominated by the sensitive cyanobacterium Cylindrospermopsis raciborskii, they found not
only strongly reduced PSII efficiency but also enhanced extracellular saxitoxins. Hence, differences in
sensitivity of Microcystis used, exposure duration too short to evoke cell lysis (e.g., [41,66]) or matrix
effects on the MC detection could underlie the apparent differences. Pei et al. [47] used an ELISA kit to
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measure MCs, but possible matrix effects on the antibodies were not determined. Our study showed
that chitosan did not interfere with our LC-MS/MS method for MC analysis.

Studies that combined chitosan and a ballast compound revealed a reduction in extracellular MCs.
For instance, a mesocosm experiment performed by Pan et al. [49] showed that chitosan-modified soil
(MLS) decrease dissolved MC. Similarly, Li and Pan [35] found a reduction in MC when MLS was
applied, however, when only chitosan was added, an increase in MC was observed, indicating that
the decreased MC concentrations might be related to the soil MC adsorption capacity instead of to
chitosan. Miranda et al. [41] found that extracellular MC concentrations were significantly reduced
in treatments where chitosan was combined with a ballast compared to in chitosan only treatments.
In contrast, they found higher extracellular saxitoxin concentrations when C. raciborskii was exposed
either to chitosan alone or chitosan combined with soils and clay. While electrostatic interactions of
chitosan with MCs can be expected, this is less likely for positively charged saxitoxins [68]. The study
of Miranda et al. [41] underpins that when chitosan is to be applied in drinking water reservoirs,
depending on the cyanobacteria prevailing, corresponding cyanotoxin analysis is strongly advised.

Any material used to mitigate cyanobacterial nuisance that causes the release of toxins is a
double-edged sword. On one side, if the nuisance is reduced, this will be viewed as positive, but if cells
are killed rapidly and toxins released, the water body might not be suitable for drinking, irrigation,
or recreational purposes [69]. However, when such cell death happens later and close to the sediment,
released toxins can be degraded (e.g., [35]) with far less impact on ecosystem functionality. Thus,
the use of ballast together with chitosan (a “floc and sink” approach or the MLS technique) seems a
better strategy than using only chitosan, not only because it might prevent higher concentrations of
toxins in the water column but also because a ballast prevents cell accumulation at the water surface.
Recently, it has been shown that damaging the cells first with hydrogen peroxide before adding
the coagulant and the ballast (kill, Floc & Sink) could be a promising approach to keep P. rubescens
precipitated [70]; in this case, chitosan could also be an alternative if used together with a ballast.

The increase in total Chlorophyll-a (Figure A2) does not reflect an increase in biomass but is a result
of pigments leaking out of the cells, which was confirmed by the increase in extracellular Chlorophyll-a
(Figure 2). A rapid increase in extracellular Chlorophyll-a is a strong indicator of cell lysis, as is a
rapid increase in extracellular MC concentration. Cell lysis implies membrane damage, which was
confirmed by the membrane viability assay, wherein for all the strains tested, a green fluorescence was
observed at the highest chitosan concentration used (for example Figures 4, A5 and A6). Sytox Green
has a high affinity with nucleic acids, however, it is not able to penetrate living cells. Yet, when the
membrane integrity is compromised, the stain can colour the genetic material with a bright green
colour [71], as observed here in the chitosan treatments. The absence of green colour in the control,
but the presence of natural red fluorescence of cyanobacteria, indicates no membrane damage in the
controls (Figure 4). In the strains in which it was possible to quantify MCs, a significant positive linear
relation between MC concentration and extracellular Chlorophyll-a was observed (r2 = 0.98 p < 0.0001
for PCC7820 and r2 = 0.99 p < 0.0001 for PCC 7806) (Figure 2). Hence, when dissolved toxins analysis
is not possible, extracellular Chlorophyll-a might be used as a surrogate to give insight into possible
toxin release.

The strain CYA 140 was the second most sensitive strain (Table 1), yet the extracellular Chlorophyll-a
in the chitosan treatments was not as high as for other strains such as PCC 7820 and PCC 7806,
which showed higher EC50. The absence of high concentrations of extracellular Chlorophyll-a for
CYA 140 could be related to quick degradation of Chlorophyll-a. It is well known that dissolved
chlorophyll-a is extremely unstable, and it will be degraded when exposed to light. It could also be
related to a slower membrane damage, so the cells are not physiologically well, thus EC50 is low but
intercellular contents are released slower. Clearly, more research is needed to decipher the cause of the
observed differences between strains.

Geo-engineering materials used to manage eutrophication and control cyanobacterial blooms
must be efficient, easy to apply, cheap and safe, which means it is important to be aware of all
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the consequences that any material can cause in the ecosystem [50]. Here, Chitosan was able to
damage M. aeruginosa cells causing cell lysis and consequently microcystin and pigment release.
These effects were, however, strain dependent. Evidently, these trials need a follow up with natural
seston dominated by M. aeruginosa, which in the field is usually found in its typical colonial form
contrasting the unicellular morphology in laboratory cultures [72]. Considering the high diversity
of cyanobacteria when chitosan is considered to be used in lake restoration, the best approach to
understand its effects is to test it directly on the natural biota being targeted. Such tests should include
not only coagulation efficiency but also cell viability. We highlighted the importance of controlled
experiments to understand the implications and efficiency of materials used to mitigate cyanobacterial
nuisance. Such tests are the first step, and to predict real effects a tiered approach from laboratory to
field tests is needed.

4. Materials and Methods

4.1. Microcystis aeruginosa Cultures

The eight different strains used in the experiments were obtained from different culture collections
(Table 2) and were cultivated on modified WC medium [73] under controlled conditions at 22 ◦C with a
16:8 h light–dark cycle and 45 µmol quanta m−2 s−1 light intensity. Before the experiment, the cultures
were refreshed twice (around two weeks interval), always in the exponential phase.

Table 2. Microcystis aeruginosa strains used in the experiments and the microcystin (MC) variants that
have been found in them.

Strain ID Acquired from Microcystins (MCs) Produced

MiRF-1 Laboratory of Ecophysiology and Toxicology of
Cyanobacteria (Brazil) dm-MC-LR, MC-LR, MC-LY, MC- LW, MC-LF [74]

PCC 7806
∆mcyB Pasteur Culture Collection (France) None [75]

PCC 7806 Pasteur Culture Collection (France) dm-MC-LR, MC-LR [76]
PCC 7005 Pasteur Culture Collection (France) None detected (this study)
PCC 7820 Pasteur Culture Collection (France) dm-MC-LR, MC-LR, MC-LY, MC-LW, MC-LF [77]

SAG 14.85 Sammlung von Algenkulturen der Universität
Göttingen (Germany) dm-MC-LR, MC-LR (unpublished data)

SAG 17.85 Sammlung von Algenkulturen der Universität
Göttingen (Germany) dm-MC-LR, MC-LR, MC-YR [76]

CYA 140 Norwegian Institute for Water Research (Norway) dm-MC-LR, MC-LR [76]

4.2. Chitosan

Chitosan was obtained from Polymar Ciência e Nutrição S/A, and the deacetylation degree was
86.3% (Batch-010913, Fortaleza, CE, Brazil), and there is no information on the molecular weight.
The chitosan (made of shrimp shells) was acidified with 96% acetic acid solution (Merck, analytical grade,
VWR International B.V., Amsterdam, The Netherlands), yielding a final concentration of 0.1% acetic acid.

4.3. Experiment Design

Aliquots of M. aeruginosa were transferred to 100 mL Erlenmeyer containing 50 mL of modified
WC medium, yielding a final concentration of 100 µg Chlorophyll-a L−1. Six concentrations of Chitosan
were used (0, 0.5, 1, 2, 4 and 8 mg L−1) based on the concentrations frequently used to flocculate
cyanobacteria in lake restoration [26,35,37,40,45]. The experiment was done in triplicate. An extra
control was added in which only acetic acid was added in the same dose as in chitosan treatment
to check if the acetic acid in which chitosan was dissolved had any influence on M. aeruginosa cells.
After the addition of chitosan or acid acetic, the flasks were mixed and placed in the laboratory at
22 ◦C in 16:8 h light–dark cycle at 45 µmol quanta m−2 s−1. After 1, 4, and 24 h, subsamples were
taken to measure the total Chlorophyll-a concentration and Photosystem efficiency II (PSII) through
PHYTOPAM phytoplankton analyser (Heinz WalzGmbH, Effeltrich, Germany). Additionally, at the
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end of the experiment, 3 mL samples from each flask were filtered through a filter unit (Aqua 30/0.45CA,
Whatman®, VWR International B.V., Amsterdam, The Netherlands) and measured again in the
PHYTOPAM to quantify Chlorophyll-a released from the cells. After 24 h, pH was measured in each
flask, and 8 mL samples were filtered through glass fiber filters (GF/C, Whatman®, VWR International
B.V., Amsterdam, The Netherlands) and placed in glass tubes for dissolved microcystin (MC) analysis.
The samples were dried in a Speedvac concentrator (SavantTM SPD121P, Thermo Fisher Scientific,
Asheville, NC, USA) and were reconstituted in 900 µL methanol (J.T. Baker®, 97%, VWR International
B.V., Amsterdam, The Netherlands). After that, the reconstituted samples were transferred to a 1.5 mL
tube with a cellulose-acetate filter and centrifuged for 5 min at 16,000× g. The filtrates were transferred
to amber glass vials and analysed for eight MC variants (MC–dmRR, RR, YR, dmLR, LR, LY, LW,
and LF) using LC-MS/MS according to Lürling and Faassen [6]. The MC analysis was performed for
the strains MiRF-1, PCC 7806, PCC 7820, and CYA 140 (Table 2).

4.4. Cell Membrane Permeability

An aliquot from each replica was taken, joined, and centrifuged at 5000× g for 10 min to evaluate
chitosan’s effect on membrane integrity, immediately after 24 h of exposure. The pellet was stained
with Sytox® Green (Thermo Fisher Scientific, Waltham, MA, USA) at a final concentration of 1nM for
30 min in the dark. The samples were observed under a fluorescence microscope (ZEISS, Axioimager
D2, Jena, Germany) using the filter long pass for Fluorescein (450–490 for excitation and 515 nm for
emission). Sytox® Green binds to nucleic acid, but it cannot penetrate the cell membrane. However,
a damaged membrane allows the stain to infiltrate, resulting in a green fluorescence colour when
analysed in a fluorescence microscope.

4.5. Matrix Effect on MC Analysis

The possible effect of chitosan on the toxins analysis was evaluated by incubating pure microcystin
mix standards (all eight variants: MC–dmRR, RR, YR, dmLR, LR, LY, LW, and LF) for 24 h in a solution
with 8 mg Chitosan L−1 dissolved in WC medium. The control series contained only WC medium and
pure microcystin mix standards. The test was performed using three replicas, and MC analysis was
executed as mentioned before.

4.6. Data Analysis

The PSII for each strain at each time point was compared between different chitosan concentrations
using one-way ANOVA or Kruskal–Wallis One Way Analysis of Variance on Ranks when the normality
test (Shapiro–Wilk) or Equal Variance test (Brown–Forsythe) failed. For each strain, the chitosan
concentrations that caused a 50% reduction in their PSII efficiency compared to the control (EC50) were
determined by non-linear regression using four logistic parameter curves in the software Sigma Plot
13.0. EC50 values were statistically compared between strains using one-way ANOVA. Extracellular MC
and filterable Chlorophyll-a concentration were compared between different chitosan concentrations
using the one-way ANOVA or Kruskal–Wallis One Way Analysis of Variance on Ranks when the
normality test (Shapiro–Wilk) failed. The effect of chitosan on MC standards was tested by Student’s
t-test.
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Appendix A

Table A1. F- and p-values of one-way ANOVAs and H- and p-values of Kruskal–Wallis One Way
Analysis of Variance on Ranks when normality tests failed (Shapiro–Wilk) for Photosystem II efficiencies
in eight different M. aeruginosa strain exposed for 1, 4 and 24 h to six different concentrations chitosan
(0 to 8 mg L−1).

M. aeruginosa
Strain

Exposure Duration

1 h 4 h 24 h

MiRF-1 H5 = 9.93; p = 0.077 F5,12 = 4.65; p = 0.014 * F5,12 = 13.87; p < 0.001 *
PCC 7806 ∆mcyB H5 = 16.70; p = 0.005 * F5,12 = 66.34; p < 0.001 * H5 = 12.70; p = 0.026 *

PCC 7806 H5 = 12.24; p = 0.032 * H5 = 11.28; p = 0.046 * H5 = 15.81; p = 0.007 *
PCC 7820 F5,12 = 89.62; p < 0.001 * F5,12 = 47.06; p < 0.001 * F5,12 = 1079.0 p < 0.001 *
SAG 14.85 H5 = 16.317; p = 0.006 * F5,12 = 876.16; p < 0.001 * H5 = 16.1; p = 0.007 *
CYA 140 F5,12 = 149.94; p < 0.001 * F5,12 = 144.96; p < 0.001 * F5,12 = 338.1; p < 0.001 *
PCC 7005 H5 = 14.13; p = 0.015 * F5,12 = 187.49; p < 0.001 * H5 = 15.16; p = 0.01 *
SAG 17.85 H5 = 16.74; p = 0.005 * H5 = 16.74; p = 0.005 * H5 = 16.56; p = 0.005 *

* represents the significant statistical differences.
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Figure A1. Total Chlorophyll-a concentration for all 8 strains tested after 1 h, 4 h and 24 h exposure to
different concentrations of chitosan (0 to 8 mg L−1). Error bars indicate standard deviation (n = 3).
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Graphs on the left show strains with a slow response (MiRF-1, PCC 7806 ∆mcyB, PCC7806, and PCC
7820) and graphs on the right show strains with an earlier response (SAG 14.85, CYA 140, PCC 7005
and SAG 17.85).
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Figure A2. Box plot showing median pH between the treatment, 10th, 25th, 75th and 90th percentiles
with error bars (n = 18) for each strain.
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Figure A3. PSII efficiency of all the eight strains tested after 24 h exposure to different acetic acid
concentration, the same used for the chitosan treatments.
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Figure A4. Total MC incubated for 24 h with only WC medium (Control) and with WC medium plus
8 mg chitosan L−1 (Chitosan).
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Figure A5. Four panels showing the fluorescence images of four strains (1: CYA 140, 2: SAG 17.85, 3:
SAG 14.85 and 4: PCC 7005. For each panel the cells in the control are the upper pictures (A–C), 2, 1 or
4 mg chitosan L−1 are the middle pictures (A–C), and 8 or 4 mg chitosan L−1 are the lower pictures
(A–C). For all the panels, picture A shows bright-field images, B the cyanobacteria autofluorescence
(red), and C the intracellular accumulation of Sytox® Green (green). Scale bar: 20 µm.
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Figure A6. Three panels showing the fluorescence images of three strains (1: MiRF, 2: PCC 7806, and 3:
PCC 7806 ∆mcyB. For each panel, the cells in the control are the upper pictures (A–C), 2, 1 or 4 mg
chitosan L−1 are the middle pictures (A–C), and 8 or 4 mg chitosan L−1 are the lower pictures (A–C).
For all the panels, picture A shows bright-field images, B the cyanobacteria autofluorescence (red),
and C the intracellular accumulation of Sytox® Green (green). Scale bar: 20 µm.

Table A2. Scientific papers that studied chitosan coagulation efficiency or/and the effect on
cyanobacteria/dinoflagellates.

Literature Available Endpoints Effect

[46] PSII efficiency and Membrane permeability (MP) −

[47] K+ release and dissolved toxins −

[78] Phycocyanin and allophycocyanin release −

[48] K+/M2+ release and dissolved toxins −

This study PSII efficiency, dissolved toxins, MP and FChl-a −

[40] PSII efficiency 0
[79] PSII efficiency 0
[35] Dissolved toxins 0
[21] Cell viability and recovery 0
[55] PSII efficiency 0
[66] K+ release 0
[80] Growth 0
[45] PSII efficiency 0
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Table A2. Cont.

Literature Available Endpoints Effect

[42] PSII efficiency 0
[41] PSII efficiency and dissolved toxins 0 and −
[43] Dissolved toxins 0 and −
[81] NR NR
[82] NR NR
[83] NR NR
[84] NR NR
[35] NR NR
[85] NR NR
[86] NR NR
[38] NR NR
[87] NR NR
[88] NR NR
[37] NR NR
[36] NR NR
[25] NR NR
[26] NR NR
[89] NR NR

−means negative effect on the biota target, 0 means no negative effect observed and NR means no effect reported.
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Abstract: The combination of a low-dose coagulant (polyaluminium chloride—‘Floc’) and a ballast able
to bind phosphate (lanthanum modified bentonite, LMB—‘Sink/Lock’) have been used successfully
to manage cyanobacterial blooms and eutrophication. In a recent ‘Floc and Lock’ intervention in
Lake de Kuil (the Netherlands), cyanobacterial chlorophyll-a was reduced by 90% but, surprisingly,
after one week elevated cyanobacterial concentrations were observed again that faded away during
following weeks. Hence, to better understand why and how to avoid an increase in cyanobacterial
concentration, experiments with collected cyanobacteria from Lakes De Kuil and Rauwbraken were
performed. We showed that the Planktothrix rubescens from Lake de Kuil could initially be precipitated
using a coagulant and ballast but, after one day, most of the filaments resurfaced again, even using a
higher ballast dose. By contrast, the P. rubescens from Lake Rauwbraken remained precipitated after
the Floc and Sink/Lock treatment. We highlight the need to test selected measures for each lake as
the same technique with similar species (P. rubescens) yielded different results. Moreover, we show
that damaging the cells first with hydrogen peroxide before adding the coagulant and ballast (a ‘Kill,
Floc and Lock/Sink’ approach) could be promising to keep P. rubescens precipitated.

Keywords: in-lake measures; lake restoration; Floc and Lock; Kill; Floc and sink; Hydrogen peroxide;
Phoslock; PAC

Key Contribution: Use a low dose of coagulant together with ballast (Floc & Sink/Lock) can be
enough to keep P. rubescens precipitated. If not; damaging the cell first with H2O2 might be needed
(Kill; Floc & Sink/Lock) to avoid filaments resurfacing.

1. Introduction

Eutrophication—the over-enrichment of surface waters with nutrients—is the largest water
quality issue worldwide [1]. It may result in a massive proliferation of cyanobacteria in lakes,
ponds, and reservoirs [2,3]. Inasmuch as several strains of the most abundant, cosmopolite cyanobacteria
may produce potent toxins, cyanobacterial blooms may impair ecosystems services, such as drinking
water production, irrigation, recreation, aquaculture, and fisheries [4]. Clearly, managing eutrophication
and reducing cyanobacterial blooms is a significant priority, but ongoing anthropogenic activities and
climate change are predicted to aggravate further eutrophication and cyanobacterial blooms [4–9].
The Organisation for Economic Cooperation and Development (OECD) is already referring to
eutrophication and harmful blooms as “becoming a global epidemic” with annual costs associated with
nutrient pollution in Australia, Europe, and the USA at over 100 billion USD [10]. Hence, more effort
of authorities is needed to control eutrophication and cyanobacterial blooms.
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The most logical management strategy to mitigate eutrophication is to reduce the external nutrient
inputs to surface water (e.g., [11–13]). However, this is easier said than done. About 70% of the point
source nutrient pollution from municipal and industrial wastewater is treated in well-developed
countries, while this is only 10% in low-income countries [14]. In OECD countries, nowadays,
eutrophication is largely caused by legacies from the past and diffuse nutrient pollution from mostly
agricultural activities [10,15]. Nutrient legacies in lake beds have built up over many years and will
keep on fueling cyanobacterial blooms for years or decades after a successful reduction of the external
nutrient load [16–18]. Recovery can be speeded up by targeting the legacy phosphorus pool [19].
Non-point source diffuse-nutrient pollution is more difficult to tackle and requires catchment-wide
measures that may come with time lags of decades to centuries before water quality improves [20,21].
Consequently, in-lake measures are needed to bring real-time relief from either targeting cyanobacteria
directly or indirectly via a strong reduction in nutrient availability [22]. A whole range of in-lake
measures is proposed, several of which are not effective at all, but effective ones include algaecides,
coagulants, and phosphate binders [22].

The combination of a low-dose coagulant (polyaluminium chloride, PAC—‘Floc’) and a phosphate
binder (lanthanum modified bentonite, LMB—‘Lock’) was applied successfully in the Dutch stratifying
Lake Rauwbraken [23]. This ‘Floc and Lock’ intervention effectively aggregated a developing bloom of
Aphanizomenon flos-aquae, sedimented the aggregates out of the water column, reduced water column
phosphate, strongly lowered sediment phosphate release, and improved water quality for more than
10 years after the intervention [23–25]. Likewise, in Lake De Kuil (the Netherlands) a system analysis
revealed that around 95% of the phosphorus loading was released from the sediment, while the lake was
also suffering from an A. flos-aquae bloom, which made the water authority opt for a “Floc and Lock”
intervention too [26]. A low dose of iron chloride (as coagulant—‘Floc’) was added together with
LMB to the lake in 2009 and successfully reduced phosphorus and chlorophyll-a concentrations,
hampered the P release from the lake bed, and improved water quality [26]. However, continuing
diffuse P-inputs undermined the strongly improved water quality and led to a Planktothrix rubescens
bloom in early 2017, 8 years after the intervention in 2009.

To counteract the developing cyanobacterial bloom and to prevent nuisance during the swimming
season, the water authority decided to perform a second ‘Floc and Lock’ intervention. To this end,
Lake De Kuil received a combined PAC and LMB treatment on 8–10 May 2017. At the moment of
the application, the lake still experienced water column-dispersed P. rubescens. The combination of
LMB as ballast and PAC as coagulant was added to clear the water column of these cyanobacteria,
whilst injection of LMB in the hypolimnion would control phosphorus release from the sediment. On the
first day (8 May), eight tons of LMB were added; on the second day, six tons of PAC (Calflock P-14) was
added, both at the surface of the lake; and on the third day, the majority of the LMB (23 tons) was injected
4 m deeper in the water column. The cyanobacterial chlorophyll-a, which comprised the vast majority
of the total chlorophyll-a, was reduced by almost 90%, but after one week, some elevated concentrations
were observed that faded away in subsequent weeks (Appendix A; Figure A1) [27]. Because increasing
cyanobacteria concentrations one week after the intervention (Figure A1) had not been observed in
the previous studies [23,26], laboratory experiments were conducted with P. rubescens collected and
concentrated from both Lake De Kuil and additional experiments included P. rubescens concentrated
from Lake Rauwbraken. The experiments tested the hypothesis that some of the entrapped P. rubescens
could escape sedimented flocs. Additional experiments focused on the possibility to include hydrogen
peroxide to kill P. rubescens prior to ‘Floc and Lock’ and tested the hypothesis that a ‘Kill, Floc and Lock’
technique would not only effectively keep P. rubescens down, but also strongly reduce extracellular
microcystin concentrations compared to solo hydrogen peroxide treatments.
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2. Results

2.1. Floc and Sink Experiment—Ballast Dose

One hour after P. rubescens suspensions were treated with PAC (2 mg Al L−1) and different doses of
ballast (50, 100 and 200 mg LMB L−1), in each treatment, the cyanobacteria were effectively translocated
to the bottom of the tubes, while they accumulated in the top in the controls (Figure 1a). The one-way
analysis of variance (ANOVA) indicated significant differences in chlorophyll-a concentrations at
the water surface (F3,11 = 495.8; p < 0.001) and at the bottom (F3,11 = 835.1; p < 0.001) of the test
tubes. In the control, the chlorophyll-a concentration at the water surface was significantly higher
than in the treatments, while at the bottom, it was the opposite (Figure 1a). Hence, controls were
significantly different from treatments. Photosystem II efficiencies (ΦPSII) in the top of the tube were
similar (F3,11 = 2.40; p = 0.143) in controls and treatments; in the bottom they differed (F3,11 = 46.6;
p < 0.001) and were significantly reduced in the 100 and 200 mg LMB L−1 treatments compared to
control and 50 mg LMB L−1 treatment (Figure 1a). Notably, two hours later—first at the lowest LMB
dose, and then followed by the 100 mg LMB L−1 treatments—settled flocks started to rise due to
entrapped oxygen bubbles in the flocks (Appendix B).
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Figure 1. (a) chlorophyll-a concentrations (µg L−1) in the top 2 mL (top light grey bars) and bottom
2 mL (lower dark grey bars) of 100 mL P. rubescens suspensions from De Kuil incubated for 1 h in
the absence or presence of different concentrations ballast (50, 100, and 200 mg lanthanum modified
bentonite (LMB) L−1) combined with the flocculent polyaluminium chloride (PAC) (2 mg Al L−1).
Also included are the Photosystem II efficiencies (PSII) of the cyanobacteria collected at the surface
of the tubes (filled circles) and at the bottom (open circles). Error bars indicate 1 standard deviation
(SD, n = 3). Similar letters indicate homogeneous groups that are not different at the p < 0.05 level.
(b) Similar to the panel (a), but now after 24 h incubation.

After 24 h, most P. rubescens had surfaced again (Figure 1b; Appendix B). A one-way ANOVA
indicated significant differences in chlorophyll-a concentrations at the water surface (F3,11 = 19.3;
p < 0.001) and at the bottom (log-transformed data; F3,11 = 45.8; p < 0.001) of the test tubes. The
LMB dose had a significant effect on the amount of chlorophyll surfacing and remaining at the
bottom, with more chlorophyll accumulating at the lowest LMB dose and the least at the highest
dose (Figure 1b). The ΦPSII in the top of the tube were similar (F3,11 = 1.33; p = 0.330) in controls and
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treatments; in the bottom they differed (F3,11 = 19.5; p < 0.001) and were significantly reduced in the
100 and 200 mg LMB L−1 treatments compared to control and 50 mg LMB L−1 treatment (Figure 1b).
The pH in the controls (pH = 8.38 ± 0.16) was significantly higher (F3,11 = 12.8; p = 0.002) than the pH
in the three treatments, which were a pH of 8.10 (± 0.09) in the 50 mg LMB L−1 treatment, a pH of 7.98
(± 0.06) in the 100 mg LMB L−1 treatment, and of 7.93 (± 0.03) in the 200 mg LMB L−1 treatment.

It is obvious that, despite more cyanobacteria remaining precipitated with higher ballast dose,
the majority of the settled flocks had risen again and accumulated at the water surface (Figures 1b and
A2).

2.2. Floc and Sink Experiment—Cyanobacteria Concentration

A laboratory experiment using different concentrations of cyanobacteria and ballast was performed
to examine how effective cyanobacterial biomass could be precipitated with PAC and LMB. The results
after 1 h showed that 100 mg LMB L−1 sufficed to settle even the highest chlorophyll-a concentration
used (200 µg chlorophyll L−1), while lower biomass could still be precipitated effectively using around
50 mg LMB L−1 (Figure 2a). However, the results after 24 h showed much lower removal and strongly
hampered efficiency; even at low biomass, high amounts of ballast could only maximally remove 76%
of the chlorophyll-a concentration (Figure 2b).
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Figure 2. (a) Percentage of chlorophyll-a removal in P. rubescens suspensions with different chlorophyll-a
concentrations (25–200 µg L−1) after 1 h exposure to different LMB concentrations mixed with the
coagulant PAC (2 mg Al L−1). (b) Percentage of chlorophyll-a removal in P. rubescens suspensions
with different chlorophyll-a concentrations (25–200 µg L−1) after 24 h exposure to different LMB
concentrations mixed with the coagulant PAC (2 mg Al L−1).

2.3. Effect of Hydrogen Peroxide on P. rubescens

The sensitivity of P. rubescens from Lake De Kuil to hydrogen peroxide was studied to test a possible
strategy of killing/damaging P. rubescens before sweeping the water column clear of cyanobacteria with
a coagulant and ballast. For comparison also, P. rubescens from Lake Rauwbraken was included.

P. rubescens from Lake De Kuil was less sensitive to hydrogen peroxide (H2O2) than P. rubescens
from Lake Rauwbraken even though the latter was incubated at almost twice as high chlorophyll-a
concentrations (Figure 3a). The Photosystem II efficiency (ΦPSII) of P. rubescens from Lake Rauwbraken
dropped to zero at 4 mg H2O2 L−1, while this was reached at 10 mg H2O2 L−1 for P. rubescens from
Lake De Kuil (Figure 3b). Nonetheless, ΦPSII had dropped strongly from 2 mg H2O2 L−1 and higher for
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both, reflecting damages to the cells. Strongly increased chlorophyll-a concentrations further exemplify
this damage. As evidenced by filtrate measurements, this was caused partly by dissolved fluorescent
pigments (Figure 3a), which did not yield any ΦPSII (Figure 3b).
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Figure 3. (a) chlorophyll-a concentrations (µg L−1) in 25 mL P. rubescens suspensions from Lake De Kuil
(top panel) and Lake Rauwbraken (bottom panel) after 4 h exposure (filled circles) and 24 h exposure
(open circles) to different concentrations hydrogen peroxide (0–10 mg L−1). Also included are the
chlorophyll concentrations determined in 0.45 µm filtered samples after 24 h (triangles). Note that for
Lake De Kuil these were only tested for the controls (0 mg L−1) and the 10 mg H2O2 L−1 treatment.
Error bars indicate 1 SD (n = 3). (b) Photosystem II efficiencies of P. rubescens suspensions from Lake
De Kuil (top panel) and Lake Rauwbraken (bottom panel) after 4 h exposure (filled circles) and 24 h
exposure (open circles) to different concentrations hydrogen peroxide (0–10 mg L−1). Also included are
the Photosystem II efficiencies determined in 0.45 µm filtered samples after 24 h (triangles). Error bars
indicate 1 SD (n = 3).

2.4. Efficacy of a Combined Hydrogen Peroxide and Floc and Sink Treatment on P. rubescens

In the series with P. rubescens from Lake De Kuil, the chlorophyll-a concentrations in the top of
the test tubes were significantly different (F3,11 = 149.5; p < 0.001) between controls and the various
treatments after 24 h incubation (Figure 4a). In the control and sole peroxide treatment (5 mg H2O2 L−1),
chlorophyll-a concentrations were highest and not different from each other; in the Floc and Lock
treatment (PAC, 2 mg Al L−1 and LMB, 200 mg L−1), chlorophyll-a concentrations were significantly
lower, but still 100 x higher than in the combined treatment (H2O2, 5 mg L−1, PAC, 2 mg Al L−1 and
LMB, 200 mg L−1) in which virtually all chlorophyll-a had remained at the bottom of the test tubes
(Figure 4a). In the bottom of the tubes, chlorophyll-a concentrations were lowest in the control and sole
peroxide treatment, significantly higher (log-transformed data; F3,11 = 401.8; p < 0.001) in the Floc and
Lock treatment, and highest in the combined treatment (Figure 4a). The ΦPSII in the top of the test
tubes was significantly different among treatments (F3,11 = 206.9; p < 0.001), as was ΦPSII in the bottom
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samples (F3,11 = 70.2; p < 0.001). The Holm–Sidak post hoc pairwise comparison revealed for both top
and bottom water samples two homogenous groups: (1) the controls and the Floc and Lock treatments,
and (2) both peroxide treatments (solo and combined).
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Figure 4. chlorophyll-a concentrations (µg L−1) in the top 2 mL (top light grey bars) and bottom
2 mL (lower dark grey bars) of 100 mL cyanobacteria suspension from (a) Lake De Kuil and (b) Lake
Rauwbraken after 24 h exposure to hydrogen peroxide (5 mg L−1), peroxide + coagulant (2 mg Al L−1)
and ballast (200 mg LMB L−1) (combined) or only coagulant (2 mg Al L−1) and LMB (Floc & Lock).
Also included are the Photosystem II efficiencies (PSII) of the cyanobacteria collected at the water
surface (filled circles) and at the bottom (open circles). Error bars indicate 1 SD (n = 3). Similar letters
indicate homogeneous groups that are not different at the p < 0.05 level.

In the series with P. rubescens from Lake Rauwbraken in both the controls and the sole peroxide
treatments, the vast majority of the filaments aggregated at the water surface (Figure 4b). In contrast,
in both the Floc and Lock treatment and the combined treatment, most cyanobacteria were at the
bottom of the tube (Figure 4b). One-way ANOVA indicated significant differences in chlorophyll-a
concentrations at the water surface (F3,11 = 1428; p < 0.001) and at the bottom (F3,11 = 86.4; p < 0.001)
of the test tubes. The ΦPSII in the top of the test tubes was significantly different among treatments
(F3,11 = 237.7; p < 0.001), where Holm–Sidak post hoc pairwise comparison revealed that ΦPSII in both
peroxide treatments (sole and combined) were significantly lower than in control and the Floc and Lock
treatment (Figure 4b). The ΦPSII in the bottom of the test tubes was also significantly different among
treatments (F3,11 = 120.8; p < 0.001), and Holm–Sidak post hoc pairwise comparison revealed two
homogenous groups: 1) the controls and Floc and Lock treatments, and 2) both peroxide treatments.

The exposure of P. rubescens suspensions collected from Lake De Kuil to hydrogen peroxide
caused a sharp increase in the concentration of extracellular microcystins (MCs) of which the variant
dmMC-RR was most abundant (Figure 5a). The one-way ANOVA indicated significant differences
(F3,11 = 226.1; p < 0.001); extracellular MC was lowest in control and Floc and Lock treatments and
the highest in the solely peroxide treatment (Figure 5a). In the combined treatment, extracellular MC
concentration was about 60% lower than in the sole peroxide treatment (Figure 5a). In suspensions with
P. rubescens from Lake Rauwbraken only exposure to solely hydrogen peroxide caused significantly
(F3,11 = 78.0; p < 0.001) elevated extracellular MC concentrations (Figure 5b).
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Figure 5. Extracellular microcystin (MC) concentrations (µg L−1) of three MC variants quantified
in samples from P. rubescens suspensions from (a) Lake De Kuil and (b) Lake Rauwbraken after
24 h exposure to hydrogen peroxide (5 mg L−1), peroxide + coagulant (2 mg Al L−1) and ballast
(200 mg LMB L−1) (combined) or only coagulant (2 mg Al L−1) and LMB (Floc & Lock). Error bars
indicate 1 SD (n = 3). Similar letters indicate homogeneous groups that are not different at the
p < 0.05 level.

3. Discussion

The experiments provided clear evidence that P. rubescens from Lake De Kuil could initially be
precipitated using a coagulant and a ballast, but that after 24 h, most filaments had resurfaced again.
Those results should be a warning when it comes to the use of short-term (1–2 h) tests to determine the
efficacy of a coagulant and ballast in so-called ‘Floc and Sink’ assays [28–31]. The reason for this study
was based on field observations that showed reoccurring P. rubescens after a ‘Floc and Lock’ treatment
of Lake De Kuil in May 2017 [27]. However, in other whole lake ‘Floc and Lock’ interventions [23],
including one in Lake De Kuil in 2009 [26], no such reappearance had been observed. In those
lakes, another cyanobacterium (Aphanizomenon flas-aquae) was dominating at the time of intervention.
Likewise, in an experiment in which sediment cores and over-standing water infested with Microcystis
aeruginosa were treated with PAC + LMB, chlorophyll-a concentrations were within 1.5 h more than
90% lower than in the control, which remained low during the entire 13 days of the experiment [32].
Clearly, the outcome of those experiments in which the entrapped cyanobacteria stay alive is influenced
by species/strain-specific characteristics.

One important feature of Planktothrix as a member of the Oscillatoriales is its motility, which is
a gliding movement or positive phototactic orientation; an oriented movement towards light [33].
This movement could allow the filaments to crawl out of flocs, as flocs are composed of aggregates
with differently sized pores [34]. Another characteristic of P. rubescens is that it is highly adapted to
low light conditions and can even grow using low amounts of green light prevailing at depth [35,36].
Considering the relative shallowness of Lake De Kuil (maximum water depth ~9 m, average depth
~4 m), ongoing photosynthesis on the sediment with a cleared water column would have been very
likely. Consequently, flotation of flocs by oxygen bubbles generated by photosynthesis may occur [37],
which could lead to resurfacing of some of the flocs.

Despite the fact that higher ballast doses kept more cyanobacteria at the bottom of the tubes
(see Figure 1b), even a ballast dose of 200 mg LMB L−1 was insufficient to keep most of the Planktothrix
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at the bottom of the test tubes. In line with previous findings [29], more ballast was needed to remove
higher cyanobacterial biomass, but only low cyanobacterial biomass could be kept at the bottom of
the tubes for at least 24 h (see Figure 2b). During the application in Lake de Kuil, the biomass in
the first 4 m was around 24 µg chlorophyll L−1, and around 30 mg LMB L−1 (based on the whole
lake volume was applied at the surface as ballast before the PAC application [27]. This means the
ballast dose has been higher than 30 mg LMB L−1 in the upper one–two meters of the water column.
The results of our experiments suggested that at 25 µg chlorophyll L−1, when 50 mg LMB L−1 was
added, the removal efficiency was maximally 68%. Extrapolating this to the field implies that even
when the cyanobacterial biomass had been reduced by two-thirds over time, the reoccurring biomass
is large enough to accumulate in relatively high densities at the shore. Hence, biomass plays a role in
determining the amount of ballast needed to remove the cells efficiently. However, in this case even
using the highest amount of ballast at the lowest chlorophyll-a concentrations could not prevent a
return to the water column after 24 h. Adding even more ballast would probably not have kept all the
biomass at the bottom for reasons of motility and ongoing photosynthesis.

Consequently, additional measures to kill or damage the cyanobacteria and then remove them from
the water column seem a strategy to control the nuisance. Such “Kill, Floc and Sink” combination [25]
has already been tested with hydrogen peroxide as cyanobacteriocide combined with the coagulant
polymeric ferric sulphate (PFS) and lake sediment [38]. In a 91 m2 enclosure, a Microcystis bloom was
treated with 60 mg H2O2 L−1, followed 2 h later by combined 20 mg PFS L−1 and 2 g sediment L−1

as ballast [38]. Because effective hydrogen peroxide doses against Planktothrix sp. (e.g., [39–42]),
are much lower than the high concentration used by Wang et al. [38], hydrogen peroxide was tested
in a lower dosage range, which also implies limited side effects on non-target organisms [39,43].
Inasmuch as sensitivity to hydrogen peroxide might differ between cyanobacteria [42] and between
strains [44], the sensitivity to hydrogen peroxide of P. rubescens from Lake De kuil was compared to that
of P. rubescens concentrated from Lake Rauwbraken. Photosystem II efficiency (ΦPSII) was chosen as an
endpoint because it reflects the fitness of photosynthetic organisms and can be used to demonstrate the
damage of H2O2 to the photosystem of cyanobacteria [45–47]. The P. rubescens from Lake Rauwbraken
was more sensitive than P. rubescens from Lake De Kuil as its ΦPSII was already zero at 4 mg H2O2 L−1,
while ΦPSII of P. rubescens from Lake De Kuil dropped to zero at 10 mg H2O2 L−1, but a strong decline
was already observed at much lower concentrations of 2 mg L−1, which is comparable to findings with
other cyanobacteria [39,46].

At these H2O2 concentrations, the chlorophyll-a concentrations (in µg L−1) determined by the
PHYTO-PAM were also elevated. This is caused by the detachment of pigments from the thylakoid
membranes [46] and leakage of them into the water. Those water soluble extracellular pigments from
cyanobacteria can contribute considerably to the detected fluorescence signal, which does not reflect
an increase of biomass [48]. The increase in the filterable chlorophyll-a without any ΦPSII is a clear
indicator of this cell leakage as in general the release of intracellular components is an indication
of membrane damage [49]. Given that these extracellular pigments were still elevated 24 h after
application, the oxidizing power of the introduced H2O2 was not enough to destroy released cell
constituents. Likewise, in the combined hydrogen peroxide and Floc and Sink experiment, the H2O2

treatments had higher chlorophyll-a concentrations than their corresponding controls (the water surface
for sole peroxide and control; see Figure 4).

In the combined hydrogen peroxide and Floc and Sink experiment, we chose a dose of 5 mg
H2O2 L−1, which was sufficient to damage P. rubescens from Lake De Kuil for a period of three hours
after which the coagulant and ballast were added. This was sufficient to reduce the viability of the
filaments to such an extent that they remained precipitated after 24 h incubation. The chlorophyll-a
concentration in the top of Lake De Kuil tubes was 0.8 (± 0.3) % of that in the bottom, while in the Lake
Raubraken combined treated tubes, it was 2.8 (± 1.4) %. When only coagulant and ballast were used,
a considerable part of the P. rubescens from Lake De Kuil had resurfaced after 24 h, just as observed in
the previous experiments. In contrast, P. rubescens from Lake Rauwbraken remained precipitated after
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a sole Floc and Sink treatment. In the Lake Rauwbraken series the chlorophyll-a concentration in the
top of the sole Floc and Sink tubes was 11 (± 3) % of that in the bottom, while in the Lake De Kuil series,
it was 294 (± 96) %. Evidently, the preceding H2O2 treatment was effective in keeping P. rubescens at
the bottom of the tubes. A side effect of the H2O2 treatment was leakage of cell constituents, such as
pigments and toxins (microcystins, MC). In both P. rubescens, exposure to H2O2 led to strongly elevated
extracellular MC concentrations, which has also been observed for Microcystis aeruginosa exposed to
H2O2 [50]. However, when followed by coagulant and ballast, the extracellular MC concentrations
were strongly reduced and for Lake Rauwbraken, even similar to the controls. These results match
with the recently reported capacity of LMB to lower dissolved MC concentrations; LMB dosed at
50, 100, and 150 ppm decreased MC concentrations by 61.2%, 86.0%, and 75.4% relative the controls,
respectively [51]. However, in the sole Floc and Sink treatments, no further reduction of extracellular
MC concentrations was observed. Inasmuch as a Floc and Sink treatment will not damage filaments
or cells, and thus will not liberate MCs rapidly, its strongest effect on MC concentration will be via
precipitation of cyanobacteria and thereby the removal of particulate MCs from the water column.
Nonetheless, concomitant reduction of extracellular MCs is possible, as was shown by a combined
chitosan-nano scale montmorillonite treatment that effectively precipitated Microcystis aeruginosa
(94% removal) and removed 90% of the extracellular MCs within one hour [52]. Clearly, concomitant
measurements of cyanobacterial biomass and cyanotoxin concentrations during an intervention are
strongly recommended.

The effective precipitation of P. rubescens using a combined hydrogen peroxide and Floc and Lock
treatment also indicates that despite the fact that H2O2 will decay and produce oxygen, this is not
leading to the surfacing of flocs. Wang et al. [38] reported that “the floc of Microcystis bloom was
oxygen-rich . . . ”, but also that the flocs were deposited on the sediment. However, when calcium
peroxide was used as cyanobacteriocide combined with chitosan as a coagulant and red soil as ballast,
part of the settled cyanobacteria/ballast flocs migrated upwards again [28]. Hence, the separation
of the oxidizing agent (added 3 h before the coagulant and ballast) prevents entrapment of oxygen
bubbles inside the aggregates formed; and seems more effective than including a granular formulation
together with the coagulant and ballast.

Our experiments yielded insight that a combined hydrogen peroxide and ‘Floc and Lock’ treatment
could be effective in keeping P. rubescens precipitated and showed that similar species (P. rubescens),
but from two different lakes, yielded dissimilar results. This further underpins the necessity to test
selected measures for each lake first. Not a single lake is unique, and this also holds for the target
organisms, even when belonging to the same species.

4. Conclusions

Short-term (1–2 h) tests to determine the efficacy of precipitation of cyanobacteria by a coagulant
and ballast in so-called ‘Floc and Sink’ assays should be extended to at least 24 h. Motile or low-light
adapted cyanobacteria, such as P. rubescens, may cause resurfacing of initially settled flocs within
24 h. Using hydrogen peroxide preceding the ‘Floc and Sink’ treatment seems effective in keeping the
cyanobacteria precipitated and thus out of the water column. Moreover, the coagulant and ballast
reduce extracellular MCs liberated from damaging the cyanobacteria by H2O2. Up-scaled experiments
are needed to test the proposed “Kill, Floc and Sink/Lock” approach under more realistic (field)
conditions prior to field applications.

5. Materials and Methods

On 30 May 2017, samples were taken from Lake De Kuil (the Netherlands). The lake had
orange-colored, odorous surface scums accumulated in some shore regions. Microscopy revealed it
consisted of Planktothrix rubescens. A large volume (10 L) surface accumulated material was collected
to have some higher biomass samples to be used in the experiments. Water samples over the vertical,
as well as samples from different sites were collected. In the laboratory, accumulated material and
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collected water were mixed to create suspensions that were used in experiments to test combined
treatments of a coagulant (Floc) and a ballast (Sink) as well as treatments that include hydrogen
peroxide (Kill).

5.1. Floc and Sink Experiment—Ballast Dose

The total dose of PAC applied to Lake De Kuil was 6 tons of Calflock P-14 (Caldic Belgium N.V.,
Hemiksem, Belgium), which contains 7.2% Al, and has a specific gravity of 1.31 kg L−1. An average
volume of 268,000 m3 yielded a PAC dose of 2.1 mg Al L−1. The lanthanum modified bentonite (LMB)
Phoslock® (Phoslock Europe Ltd., Manchester, U.K.) was dosed at 31 tons yielding around 116 mg L−1.
The LMB ballast, however, will surely have been less as only part of the LMB had been added the
first day. Therefore, the effect of different ballast doses on the efficiency of P. rubescens removal was
studied. The PAC dose was kept at 2 mg Al L−1 (Floc), while LMB as ballast (Sink) was dosed at 50,
100, and 200 mg L−1. The experiment was conducted in 125 mL glass tubes filled with 100 mL of a
P. rubescens suspension created by mixing surface accumulated P. rubescens and water collected from
Lake De Kuil. This P. rubescens infested test water had a chlorophyll-a concentration of 114 (± 5) µg L−1.
Treatments were run in triplicate, while three non-treated tubes served as controls. A slurry of LMB
was added to the treatments, immediately followed by the addition of PAC. All suspensions—controls
and treatments—were stirred using a metal rod and left untouched for one hour. Then, 2 mL samples
were taken from both the top as well as the bottom of each tube using a 10 mL Eppendorf Varipette
pipette (Eppendorf Nederland B.V., Nijmegen, the Netherlands). These samples were analyzed
on their chlorophyll-a concentrations and Photosystem II efficiencies (ΦPSII) using a PHYTO-PAM
phytoplankton analyzer (HeinzWalz GmbH, Effeltrich, Germany). After measuring, the samples were
gently placed back in the region from where they were taken. After 24 h, again, 2 mL samples were
taken from both the top as well as the bottom of each tube and measured as indicated before. The pH
was measured using a WTW multi 340i meter (WTW GmbH and Co. KG, Weilheim, Germany).

The chlorophyll-a concentrations after 1 h and after 24 h in the top of the test tubes and
in the bottom were evaluated running separate one-way ANOVAs using the toolpack SigmaPlot
version 14.0 (Systat Software Inc., San Jose, CA, USA, 2017). The same was done for the ΦPSII

and for the pH. Significant differences were distinguished using Holm–Sidak post-hoc pairwise
comparisons. Normality (normality test: Shapiro-Wilk) and homogeneity of variance (equal variance
test: Brown–Forsythe) were checked prior to running the one-way ANOVAs.

5.2. Floc and Sink Experiment—Cyanobacteria Concentration

A second ‘Floc and Sink’ experiment was performed to test the hypothesis that the cyanobacterial
biomass was too high to be removed. To this end, different combinations of cyanobacteria and ballast
concentrations were tested: LMB (50, 100 and 200 mg L−1) in combination with PAC (2 mg Al L−1) were
added to various cyanobacteria concentrations (25, 50, 100 and 200 µg chlorophyll-a L−1) that were
determined by PHYTO-PAM. One tube per cyanobacteria concentration was left untreated. After 1 h,
samples from top and bottom were taken. In addition, an extra series was left standing for 24 h and
measured then as described above. Hence, this experiment comprised 4 chlorophyll-a concentrations
× 4 LMB doses × 2 series = 32 experimental tubes.

5.3. Effect of Hydrogen Peroxide on P. rubescens

The Floc and Sink experiments yielded insight that additional measures to kill/damage
P. rubescens prior to adding a coagulant and ballast seem a possible strategy to control the nuisance.
Hereto, the sensitivity of P. rubescens to hydrogen peroxide was tested. For comparison also P. rubescens
from Lake Rauwbraken was included, which was sampled using a plankton net from deeper water
layers where a low biomass resided [53]. P. rubescens from Lake Rauwbraken was further concentrated by
pipetting off the surface-accumulated material and transferring it into filtered lake water. The material
was visually inspected under the light microscope, no other cyanobacteria were observed.
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Aliquots of 25 mL P. rubescens suspensions from Lake Rauwbraken (318 ± 34 µg chlorophyll-a
L−1; ΦPSII = 0.31 ± 0.01) and from Lake De Kuil (318 ± 34 µg chlorophyll-a L−1; ΦPSII = 0.30 ± 0.01)
were transferred into transparent polystyrene vials (VWR® vials with cap, VWR International B.V.,
Amsterdam, the Netherlands). Hydrogen peroxide (H2O2 30%, 1.07209.0500, Merck KGaA, Darmstadt,
Germany) was tested in triplicate concentrations of 0, 1, 2, 4, 6, 8 and 10 mg L−1 for Lake Rauwbraken
and at 0, 1, 2, 3, 4, 5, 6, and 10 mg L−1 for Lake De Kuil. It was pipetted from a 100× diluted stock,
where after the vials were closed with a lid and gently shaken. After 4 h, the vials were shaken, a 2 mL
subsample analyzed on their chlorophyll-a concentrations and Photosystem II efficiencies (ΦPSII) using
the PHYTO-PAM phytoplankton analyzer and pipetted back into the vial. After 24 h, the measurement
was repeated.

5.4. Efficacy of a Combined Hydrogen Peroxide and Floc and Sink Treatment on P. rubescens

The efficiency of a combined H2O2, PAC and LMB treatment (‘Kill, Floc and Sink’) on removing
P. rubescens from the water column was examined. This experiment tested the hypothesis that H2O2

would damage P. rubescens cells enough to strongly hamper photosynthesis and buoyancy, which would
keep filaments aggregated in flocs at the bottom of the test units. Based on the peroxide exposure
experiment (described in Section 5.3) a working dose of 5 mg H2O2 L−1 was chosen. Aliquots of 100 mL
concentrated P. rubescens from Lake Rauwbraken (202 ± 5 µg chlorophyll-a L−1; ΦPSII = 0.35 ± 0.03)
was transferred to 12 glass tubes of 125 mL. Similarly, samples of 100 mL from Lake De Kuil concentrate
(156 ± 4 µg chlorophyll-a L−1; ΦPSII = 0.32 ± 0.03) was brought into 12 other tubes. Three tubes
of each series remained untreated (controls), six tubes of each series were treated with peroxide
(5 mg H2O2 L−1). After three hours, three of the peroxide treated tubes were treated with a coagulant
(PAC, 2 mg Al L−1) and ballast (LMB, 200 mg L−1), while the remaining three tubes per series were
treated with an only coagulant (PAC, 2 mg Al L−1) and ballast (LMB, 200 mg L−1), which is referred to
as a Floc and Lock treatment. The tubes were incubated for 24 h in the laboratory, where after 2 mL
samples from the top of the test tubes and from the bottom of each tube were collected. These samples
were analyzed on their chlorophyll-a concentrations and the ΦPSII.

From the middle of each tube, a 5 mL sample was taken with a syringe and filtered through a
0.45 µm unit filter (Aqua 30/0.45CA, Whatman, Germany). The filtrates were collected in 8 mL glass
tubes and evaporated to dryness in a Speedvac (Thermo Scientific Savant SPD121P, Waltham, MA, USA).
The dried filtrates were reconstituted with 800 µL methanol and transferred to 2-mL Eppendorf vials
with a cellulose-acetate filter (0.2 µm, Grace Davison Discovery Sciences, Deerfield, IL, USA) and
centrifuged for 5 min at 16,000× g (VWR Galaxy 16DH, VWR International, Buffalo Grove, IL, USA).
Filtrates were transferred to amber glass vials and analyzed for eight microcystins (MC) variants
(dm-7-MC-RR, MC-RR, MC-YR, dm-7-MC-LR, MC-LR, MC-LY, MC-LW, and MC-LF) and nodularin
(NOD) by LC-MS/MS. The variants dm-7-MC-RR, MC-YR, dm-7-MC-LR, MC-LR, MC-LY and NOD
were obtained from DHI Lab products (Hørsholm, Denmark), the variants MC-RR, MC-LF and MC-LW
were obtained from Novakits (Nantes, France). The LC-MS/MS was performed as described in Lürling
and Faassen [54]. The concentration of each MC variant in the samples was calculated against a
calibration curve of each standard and subsequently corrected for recovery, which had been determined
for each variant by spiking a cyanobacterial matrix [54].

The chlorophyll-a concentrations in the top of the test tubes and at the bottom were evaluated by
running separate one-way ANOVAs using the toolpack SigmaPlot version 14.0. Likewise, the ΦPSII

in the top of the test tubes and the bottom were evaluated by running separate one-way ANOVAs.
Also the total MC concentrations were evaluated with a one-way ANOVA. Holm–Sidak post-hoc
pairwise comparisons tests were run to distinguish significant differences. Normality (normality test:
Shapiro–Wilk) and homogeneity of variance (equal variance test: Brown–Forsythe) was checked before
running the one-way ANOVAs.
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Appendix A

The Floc and Lock intervention in Lake De Kuil (8–10 May 2017) effectively precipitated a
bloom of the cyanobacterium P. rubescens. Total chlorophyll-a concentration was reduced by 80%
and the blue signal—indicative for phycocyanin-containing cyanobacteria—was reduced by more
than 90% (Figure A1). The PHYTO-PAM uses four different excitation wavelengths, provided by
light-emitting diodes (LEDs) peaking at 470, 535, 620, and 659 nm that allow a separation between
cyanobacteria, green algae and diatoms/dinoflagellates [55]. However, the cyanobacteria that can be
distinguished are those containing mostly phycocyanin, while phycoerythrin-containing species, such
as P. rubescens, will not be accurately placed in the “blue channel”. A LED with a wavelength around
570 nm would be needed for the excitation of phycoerythrin, which would allow identification of
phycoerythrin containing cyanobacteria and cryptophyta [56]. Hence, it is likely part of the signal
picked up in the “brown channel” originated from P. rubescens. Nonetheless, the intervention reduced
chlorophyll-a concentrations strongly, but after one week (18 May) a slight increase in the blue channel
was detected (Figure A1).
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Figure A1. The course of water column (0–9 m) averaged chlorophyll-a concentrations (µg L−1) in Lake
De Kuil in 2017 before, during (gray plane), and after a Floc and Lock intervention. chlorophyll-a was
determined with a PHYTO-PAM and separated in a blue-, green- and brown signal, based on different
excitation wavelengths.
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Appendix B

P. rubescens could initially be settled to the bottom of the test tubes rise due to entrapped oxygen
bubbles in the flocks (see pictures below).
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Figure A2. Pictures of test tubes with P. rubescens from lake De Kuil after one hour (a), three hours
(b) and 24 h (c) exposure to 2 mg Al L−1 PAC + different doses of ballast; 50, 100 or 200 mg LMB L−1.
Note that after three hours in the lower ballast doses, cyanobacteria started to float again. After 24 h,
most have surfaced again.
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Abstract: Cyanobacterial blooms and the associated release of cyanotoxins pose problems for many
conventional water treatment plants due to their limited removal by typical unit operations. In this
study, a conventional water treatment process consisting of coagulation, flocculation, sedimentation,
filtration, and sludge dewatering was assessed in lab-scale experiments to measure the removal of
microcystin-LR and Microcystis aeruginosa cells using liquid chromatography with mass spectrometer
(LC-MS) and a hemacytometer, respectively. The overall goal was to determine the effect of recycling
cyanotoxin-laden dewatered sludge supernatant on treated water quality. The lab-scale experimental
system was able to maintain the effluent water quality below relevant the United States Environmental
Protection Agency (US EPA) and World Health Organisation (WHO) standards for every parameter
analyzed at influent concentrations of M. aeruginosa above 106 cells/mL. However, substantial
increases of 0.171 NTU (Nephelometric Turbidity Unit), 7 × 104 cells/L, and 0.26 µg/L in turbidity,
cyanobacteria cell counts, and microcystin-LR concentration were observed at the time of dewatered
supernatant injection. Microcystin-LR concentrations of 1.55 µg/L and 0.25 µg/L were still observed
in the dewatering process over 24 and 48 h, respectively, after the initial addition of M. aeruginosa cells,
suggesting the possibility that a single cyanobacterial bloom may affect the filtered water quality
long after the bloom has dissipated when sludge supernatant recycling is practiced.

Keywords: harmful cyanobacteria; cyanotoxins; conventional water treatment

Key Contribution: The effects of recycling dewatered sludge supernatant on the turbidity, Microcystis

cell count, and microcystin-LR concentration were determined. Recycling supernatant extended the
effects of the cyanobacterial bloom on treated water quality well beyond the event.

1. Introduction

An increase in the frequency and severity of harmful cyanobacterial blooms has been
observed worldwide [1–6]. Cyanobacteria are prokaryotes, but have been widely referred
to as “blue-green algae” because of their ability to perform photosynthesis and similarity
in size and color to many algal species. Multiple cyanobacteria species grow in a typical
bloom, but the most abundant and common cyanobacteria found in harmful algal blooms
across the globe is M. aeruginosa [7–9]. There are many important factors controlling the
growth of M. aeruginosa in an aquatic environment including physical disturbance, light,
temperature, nutrients, and grazing. Eutrophication linked to the increase of nutrients
including nitrogen (N) and phosphorus (P) in water systems is generally considered as one
of the major factors that favor the development of planktonic cyanobacterial blooms [10,11]
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A critical problem caused by M. aeruginosa is associated with their potential to release
cyanotoxins [11–14]. These toxins have the ability to cause human health problems such as
liver cancer or neurotoxic effects [15]. The most common and intensively identified toxin
class is microcystins (MCs), especially the microcystin-LR (MC-LR) form, in which L and R
stand for the distinguishing amino acids leucine and arginine, respectively [12–14]. Due to
the toxicity of MCs, the WHO has established a drinking water guideline of 1.0 µg/L of
MC-LR equivalents [16]. The United States has not established a national MCs drinking
water standard; consequently, MCs standards vary by state.

To protect people from MCs exposure, physical and chemical treatment methods
are usually applied to remove algal cells and associated toxins during water treatment.
Coagulation, flocculation, and sedimentation is a commonly used treatment sequence
during drinking water treatment, supplying many benefits such as ease of operation, low
cost, rapid reaction rates, and high efficiency [4]. These preliminary treatments have
been shown to achieve 78% to 92% removal of cyanobacteria cells [17,18]. Metal salt
coagulants such as alum (Al(SO4)3·18H2O) are effective because they can neutralize the
negative surface charges present on cyanobacterial cells at natural water pH levels [19].
Charge neutralization promotes floc formation, allowing cyanobacteria to settle out during
subsequent sedimentation.

Although the conventional treatment method of coagulation-flocculation and sedi-
mentation is considered effective in removing cyanobacteria cells [4,12,20], the process
only neutralizes the charges on the surface of the cells but does not deactivate cellular func-
tions [21–23]. Thus, it is possible that the cells that were not removed by the sedimentation
process could repopulate in downstream filtration media and negatively impact treated
water quality [24]. A rapid increase of cyanobacteria cell counts caused by incomplete
deactivation of cyanobacteria in a water treatment plant has been reported by Gad and
El-Tawel, (2016) [23].

Cyanobacterial regrowth in the filter media may not be the only mechanism for the
persistence of, and a possible increase in, the cyanobacterial populations in water treatment
plants. Many water treatment plants recycle settling basin supernatant to the plant head-
works, potentially allowing cyanobacterial regrowth and cyanotoxin redistribution [25–27].
The accumulation and subsequent regrowth of cyanobacteria and the excretion of cyanotox-
ins in sludge from the dewatering process may lead to prolonged effects of cyanobacterial
blooms in drinking water treatment operations [26], particularly since cyanobacteria cell
lysis may occur and result in the release of additional cyanotoxins.

Therefore, the objectives of this study were to: (1) investigate the accumulation of
cyanobacteria cells and microcystins in conventional filter media during operation of a
lab-scale drinking water treatment system experiencing a simulated bloom of toxigenic M.
aeruginosa cells, (2) explore the possibility of cyanobacteria repopulation and microcystin
excretion during the dewatering process, and (3) examine the effect of dewatered supernatant
recycling on the quality of filtered water. The lab-scale treatment system, depicted in
Figure 1, includes a conventional process train of coagulation, flocculation, sedimentation,
and filtration.

  

g/L

–

Figure 1. Schematic of the lab-scale water treatment system. * Only for experiments AE (A-Spiked) and BE (B-Spiked).
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2. Results
2.1. Feed Sample Characteristics

Source water obtained from the intake to the Woodland and Davis Clean Water Asso-
ciation (WDCWA) treatment plant on two collection dates featured relatively low turbidity
(<32 NTU), with a pH of 7.6 and 8.2 for experiment A and experiment B, respectively, and
no detectable concentrations of MC-LR (Table 1). Experiments A and B are two pilot-scale
experiments conducted under the same operating parameters at different times to ensure
the reproducibility of the results.

Table 1. Raw water characteristics at the WDCWA treatment plant intake.

Experiment Collection Date
Turbidity Cell Counts MC-LR pH

NTU Cells/mL µg/L

A 13 February 2020 31.8 <1 × 104 <LOD * 7.6

B 27 February 2020 13.2 <1 × 104 <LOD * 8.2

* Limit of detection (LOD): 0.005 µg/L.

The lab-scale treatment system used in these experiments (Figure 1) is a batch system
designed to mimic the behavior of a full-scale treatment process that includes coagulation,
filtration, sludge dewatering, and supernatant recycle to the filters. Feed water supplied
to the system consisted of WDCWA raw water with (spiked experiment, E) or without
(control experiment, C) the addition of laboratory cultured M. aeruginosa cells. The water
quality of the spiking solutions and the spiked feed water for each experiment are reported
in Table 2. The turbidity of the feed water is considered to be the same as for the raw
water since the change in turbidity was insignificant (<0.1 NTU). The M. aeruginosa cell
counts in the experimental water samples are controlled to be 1 × 106–1 × 107 cells/mL,
which is within the range of M. aeruginosa cell counts commonly observed during bloom
events [4,18]. Also shown in Table 2 are the flow rates, dewatered sludge supernatant
injection times, and optimal coagulant dosages applied (as determined by separate jar tests)
for each experiment.

Table 2. Feed water and spiking solution characteristics and Lab-scale experimental conditions.

Experiment
Cyanobacteria Solution

Cell
Count

MC-LR

Feed Water
Average

Flow Rate

Time of Injection
of Dewatered

Sludge
Supernatant

Optimal
Coagulant

Dosage
Extracellular Total

mg/L Cells/mL (MC-LR)
µg/L Cells/mL µg/L mL/s Hours

A-Control
(AC) 30 - - - <LOD * - 13 24

A-Spiked
(AE) 30 2.00 × 108 11.41 1.0×107 0.29 - 13 24

B-Control
(BC) 30 - - - <LOD * - 14 25

B-Spiked
(BE) 30 6.50 × 107 10.17 1.6×106 0.53 50.57 14 25

* Limit of detection (LOD): 0.005 µg/L.

After the process of coagulation-flocculation and sedimentation was completed, the
supernatant of the settled sample was transferred into the filtration process and the settled
sludge was concentrated in the dewatering system. After 24 h of dewatering process, the
dewatered process supernatant (dewatered supernatant) was removed and mixed with
WDCWA raw water to serve as experimental feed water during the second day of the
experiment; this simulates the process of recycling liquids from dewatering operations
to the feed water as practiced at many treatment facilities. MC-LR concentrations and M.
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aeruginosa cell counts for dewatered supernatant for experiments AE (A-Spiked) and BE
(B-Spiked) are shown in Figure 2.

 

Figure 2. Experiment A (AE) and B (BE) dewatered supernatant composition.

Data shown in Figure 2 follow the same trend as the data shown in Table 2 with
higher MC-LR and lower cell counts for experiment B than experiment A. The MC-LR
concentrations of dewatered supernatant for experiments AE and BE (Figure 2) are higher
than the feed water MC-LR concentrations (Table 2), this result highlights the potential for
M. aeruginosa cells to be lysed during the coagulation and flocculation process and also
during the dewatering process.

2.2. Filtration Performance

Overall, during these experiments, including following the injection of dewatered
supernatant, the filtration system maintained an effluent turbidity level below the 1 NTU
limit required under U.S. EPA regulations (Figure 3). The only exception was at the initial
time point for experiment B, which slightly exceeded the 1 NTU limit. During experiment
A, the system removed 99.0% of the initial 31.8 NTU (Table 2) turbidity for the control
feed solution and 98.0% for the spiked feed solution (Figure 3a). During experiment B,
the filtration system removed 96.7% of the initial 13.2 NTU turbidity from the control feed
solution and 94.7% from the spiked feed solution (Figure 3b). During both experiments, the
recycling of dewatered supernatant produced a sudden increase in the effluent turbidity, but
the increase was not sufficient to cause the system to exceed the 1 NTU effluent guideline.

 

Figure 3. Cont.
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Figure 3. Experiment A and B filtration process effluent quality. (a) Experiment A turbidity (n = 3),
initial concentration: 31.7 NTU; (b) Experiment B turbidity (n = 3), initial concentration: 13.2 NTU;
(c) Experiment B M. aeruginosa cell counts (n = 1), initial concentration: 1.6 × 106 cells/Land;
(d) Experiment A and B MC-LR concentrations (n = 1), initial concentration: 0.29 and 0.53 µg/L,
respectively. Error bars represent standard deviation from measurement replicates.
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M. aeruginosa cell counts for the filtration process effluent in experiment B are shown
in Figure 3c (effluent cell counts are not available for experiment A). The treatment process
in experiment B was able to remove 95.8% of the initial 1.6 × 106 cells/mL (Table 2).
An increase in the cell counts following injection of dewatered supernatant can also be
observed, but the timing of the increase is delayed in comparison with the time of the
turbidity increase. The cause of this difference in timing is not clear, but it could mean
that the prior turbidity increase may not be solely due to the influence of the injected
M. aeruginosa cells.

MC-LR concentrations in filter effluents are shown in Figure 3d. The treatment process
removed 55.6% and 38.5% of the MC-LR present in the feed solutions during experiments
A and B, respectively. However, it can also be seen in Figure 3d that, at some time steps, the
MC-LR concentration exceeded the concentration of MC-LR in the feed solution (Table 2).
The additional MC-LR may have been released by cell lysis during the coagulation and
flocculation steps, releasing the intracellular MC-LR into the dissolved phase, thereby
increasing the extracellular MC-LR that was being measured. A further increase in the
MC-LR filter effluent concentrations during both experiments can also be seen after the
injection of the dewatered supernatant at the 28- and 32-h time points for experiments
AE and BE, respectively. Although the MC-LR concentrations did not exceed the WHO
guideline of 1 µg/L at any point in time during these experiments, the result reinforces
previous findings that conventional water treatment systems are not highly efficient in
removing extracellular MCs [28].

2.3. MC Retention in Filter Media

It is challenging to determine the number of M. aeruginosa cells retained within the
filter media because of the large amount of other suspended solids also retained. Conse-
quently, only the total MC-LR concentration within the sand media was investigated. After
a full cycle of filter operation, the sand media had retained a total MC-LR concentration (ex-
tracellular and intracellular) of 14.89 µg/L (1.04 µg/L extracellular MC-LR and 13.85 µg/L
calculated intracellular MC-LR). To put this value in context, this represents approximately
29.5% of the total amount of MC-LR (Table 2) delivered to the filter during experiment BE.
This data supports a conceptual model in which intracellular MC-LR from the M. aeruginosa
cells retained is the primary component of the total MC-LR concentration within the sand
filter; this is consistent with the relatively low removal efficiency for extracellular MC-LR
and the simultaneous high level of removal of cyanobacteria cells by these sand filters.

2.4. Effects of Dewatered Supernatant Recycling

A key goal of these experiments was to determine whether the recycling of dewatered
supernatant could serve to prolong the detrimental effects of cyanobacterial bloom events
on treated water quality. The concentration of extracellular MC-LR across the treatment
system during experiment B is shown in Figure 4. After the feed water enters the pilot sys-
tem and undergoes coagulation, flocculation, and sedimentation, the MC-LR concentration
increases, presumably due to the rupture of cells caused by the mixing processes; this effect
is also reflected in the dewatered supernatant MC-LR concentration shown in Figure 4.

The MC-LR originally retained primarily in an intracellular form are now able to move
through the process and enter the filtration process. However, as mentioned previously,
the filtration process exhibits relatively low removal of extracellular MC-LR, resulting in
its release in the filtrate solution. Further, examining the MC-LR concentration in day 2
dewatered supernatant at the end of the operation, it can be seen that MC-LR remains in the
supernatant waiting to be recycled back into the system during the next operation period
along with the MC-LR accumulated in the sand media for the previous 48 h of operation
time. The retained MC-LR could be released from the filter media during the backwashing
operations. Thus, even for a cyanobacterial bloom that affected feed water for only 24 h,
the effects of the toxins and cyanobacteria from the bloom may persist much longer than
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one treatment system residence time if the plant recycles dewatered supernatant and/or
the filter media backwash water.

 

Figure 4. Experiment BE, extracellular MC-LR concentration throughout the water treatment process.

Even though the MC-LR concentration in the effluent water is below the WHO guide-
line, the measured concentration only considers the extracellular fraction of the water’s
total MC-LR content. To consider the potential amount of MC-LR that could be contributed
to the solution if the intracellular portion was released to the solution, intracellular and
extracellular MC-LR concentrations were measured for the dewatered supernatant and
spiked feed water from experiments AE and BE, respectively (Figure 5). Most of the total
MC-LR concentration (90%–98%) in these two samples is intracellular. Although MC-LR
within intact cells can be efficiently removed by conventional treatment operations, the
presence of high fractions of MC-LR in retained solids makes the permanence of this
removal dependent on subsequent solids handling decisions.

line, the measured concentration only considers the extracellular fraction of the water’s 

–

 

Figure 5. Extracellular and intracellular MC-LR concentration of experiment AE dewatered super-
natant and experiment BE spiked raw water.
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3. Discussion
3.1. The Effectiveness of the Conventional Treatment Process

The results from the water quality analysis demonstrate the capability of the pilot
experimental system to remove turbidity, M. aeruginosa cells, and MC-LR to levels below the
EPA and WHO regulations. Our finding that M. aeruginosa cells were removed with greater
than 95% efficiency from the feed water by the processes of coagulation, flocculation, and
sedimentation are similar to results reported by Chow et al. 1999 [29] but lower than found
in a pilot-plant scale study by Zamyadi et al. 2013 [18]. Though the removal efficiency is
high, the total number of M. aeruginosa cells remaining in the effluent stream might still
cause problems in downstream unit operations, such as disinfection. It is worth noting that
the microscopic observation method employed here using a hemacytometer is tedious and
challenging. Implementation of a more precise cell counts method, such as via polymerase
chain reaction (PCR) or flow cytometry is recommended.

Removal of the extracellular MC-LR cyanotoxin, however, was far less efficient, with
overall removals below 50%. Although low, this is still higher than the results shown
previously by Ho et al. 2006 [24]. The higher removal efficiency of intracellular, particle-
associated cyanotoxins in comparison with MC-LR in its dissolved form is to be expected
during conventional water treatment operations such as coagulation-flocculation and filtra-
tion, which are targeted at the removal of particulate matter. Other filter configurations
may be more successful in removing MC-LR and related compounds; previous research
indicates that the presence of biofilms on filter media, for example, can assist in degrad-
ing cyanotoxins; however, the bacterial biofilm required at least 4 days to form and be
functional [13,24].

Regarding the extracellular MC-LR concentration, it can be seen that at the initial state
of the treatment process (0 h) the MC-LR concentration in the filtered effluent is higher
than the initial concentration in both experiments AE and BE. The increase in the MC-LR
concentration observed here differs from findings reported previously by Chow et al.
1999 [29], who found no significant increase in MC-LR concentration following coagulation-
flocculation. It is possible that the rapid mixing step used here caused additional cell lysis
and contributed to the increased extracellular MC-LR in the effluent water.

3.2. The Effects of Dewatering Supernatant Recycling

Due to the high removal of M. aeruginosa during the coagulation-flocculation process,
cyanobacteria cells accumulate in the sludge, which is subsequently sent to the dewatering
system. The dewatering experiment revealed that intracellular MC-LR are released to the
solution during this phase, exhibiting a 192% increase in extracellular MC-LR concentration
compared with the concentration in the feed solution (Figure 4). If this extracellular MC-
LR is recycled into the treatment system, it has the potential to extend the effects of a
cyanobacterial bloom event on the water treatment system. The increased duration may
be longer than the hydraulic residence time of the treatment system as both the dewatered
supernatant from the 2nd-day operation and the MC-LR that may be released from the filter
media through the backwashing process could be recycled back into the treatment system.

As mentioned previously, the treatment simulations performed in this study only
addressed the effects of a cyanobacterial bloom on the coagulation-flocculation and fil-
tration processes and do not address possible impacts on the disinfection process. If the
disinfection process were included, a lower concentration of M. aeruginosa cells and mi-
crocystins might be achieved, as shown by previous studies [13,14,30–32] Even though
the disinfection process may oxidize the cyanobacterial membrane and initiate the release
of intracellular microcystins, this may produce other hazards in the form of increased
concentrations of disinfection by-products including trihalomethanes (THM), haloacetic
acids (HAA), and N-nitrosodimethylamine (NDMA) [14,29,33–36].
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3.3. Future Extensions of the Research

Future extensions of this research would include upgrading the batch simulation
approach used in these experiments to a continuous treatment process, which may result
in a more accurate estimation of the MC-LR concentrations in effluents from conventional
drinking water processes. The addition of a chlorination process to the simulated treatment
train would allow the effects of recycling cyanobacteria-laden dewatered supernatant on
the amount and product distribution of disinfection-by-products to be explored. Another
worthwhile avenue for future research aimed at reducing cyanotoxin impacts is to explore
possible origins of cyanobacterial blooms in various water sources; this could inform
watershed management approaches that minimize cyanobacterial blooms to reduce the
probability that cyanotoxins and/or elevated levels of disinfection-by-products will impact
final drinking water quality.

Though a pilot-scale experiment might achieve the desired removal efficiency and
better imitate the actual water treatment process, conducting a plant-scale experiment is
ultimately recommended. Investigating these processes in a real water treatment plant will
alleviate problems associated with limited water sample size and allow more robust analy-
sis of the performance of each individual process. However, if a plant-scale experiment
were conducted, the operators must ensure that the effluent from the experiment does not
enter the drinking water distribution system, as it might be harmful for the community
surrounding the plant.

4. Conclusions

Overall, the results of the current study have shown the possibility of an increase
in turbidity, cell density, and MC-LR concentration caused by the recycling of dewatered
supernatant and the possible extension of the water quality effects from seasonal cyanobac-
teria blooms. Thus, we strongly advise against the recycling of dewatered supernatant
during cyanobacterial bloom periods, redirecting these materials instead to the sludge
treatment process. These steps will help minimize the duration of cyanobacterial bloom
impacts on finished water quality. However, a plant scale study to confirm these results in
field-scale water treatment facilities is recommended.

5. Materials and Methods
5.1. Materials and Reagents

The microcystin-producing strain M. aeruginosa was obtained from the University of
Texas Culture Collection of Algae (UTEX, https://utex.org/, UTEX Culture ID: LB2385,
Austin, USA) and cultured in a synthetic cyanobacteria growth media, CB media (adapted
from Shirai et al. 1989 [37]) under fluorescent lamps in an incubator with a controlled
temperature of 25 ◦C. The cyanobacteria cells were harvested at 2 weeks of incubation
during the logarithmic growth phase of the cyanobacteria and the initial cell counts were
analyzed using Hausser Scientific Hemacytometer (Fisher Scientific, Pittsburgh, PA, USA).
The MC-LR standard was purchased from Enzo Life Sciences (Farming Dale, NY, USA).
The coagulant aluminum sulfate hydrate (Al2(SO4)3·18H2O) was purchased from Sigma-
Aldrich (St. Louis, MI, USA) and the solutions were prepared with deionized (Milli-Q)
water prior to the experiments; new solutions were prepared for each experiment. The
water source chosen for the study was the Sacramento River; samples were collected
twice from the WDCWA treatment plant raw water intake pipe on 13 February and 27
February 2020. The raw water samples were then stored in a refrigerator at 4 ◦C. Prior to
starting experiments each day, the water samples were taken out and allowed to attain
room temperature.

5.2. Experimental Setup
5.2.1. Optimum Dosage Jar Test Experiment

In order to determine the optimum coagulant concentration for the lab-pilot scale
experiment, a series of jar test experiments were conducted using a Programmable Jar tester
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(Phipps &Bird Model PB-900, Fisher Scientific, Pittsburgh, PA, USA) with a 2000 mL beaker
at room temperature (23 ± 1 ◦C). The coagulant was added to 1000 mL of M. aeruginosa
spiked feed water with a rapid mixing speed of 250 rpm for 60 s [17] After the coagulation
process, the sample underwent slow mixing at 40 rpm for 30 min. Then, the samples were
allowed to settle for 30 min. The supernatant from the jar test experiments were collected
to determine the turbidity and M. aeruginosa cell counts.

5.2.2. Filtration Column Preparation

The glass filtration column (length 20 cm, internal diameter 3 cm) was packed with an
autoclaved sand filter media with a bed height of 15 cm. Milli-Q water was pumped
through the bed in a downflow configuration until steady state was achieved at the
designated flow rate. At that time, the Milli-Q water was replaced with the supernatant
from the preliminary treatment process.5.2.3. Lab-Scale Experiments

The controlled sample without any spiking of M. aeruginosa cells (control, C) and the
feed water with spiked M. aeruginosa to imitate cyanobacterial blooms entering the water
treatment system influent (experiment, E) were prepared for both experiments A and B.

Stock M. aeruginosa cells suspensions with a density of 20 × 109 cells/mL were
prepared and resuspended in raw water to achieve a cell suspension of 1 × 106 cells/mL
for experiments AE and BE. No M. aeruginosa cells were added to the feed water for
experiments AC and BC. After the resuspension of the M. aeruginosa stock solution, both
experiments underwent the same procedures. The spiking of cyanobacteria cells into the
raw water was only done on the first day of the experiment.

Jar test experiments were performed to represent the coagulation-flocculation and
sedimentation processes during water treatment using the same configuration as the jar
tests conducted to determine optimum coagulant dosages.

The supernatant from the jar test experiment was then fed to the filtration process.
The filtration system was expected to be able to operate for 48 h without backwashing.
A 1 L sample was collected from both experimental conditions (C and E) at 0, 4, 12, 24, 26,
28, 32, 36, and 48 h after filtration and stored in the refrigerator at 4 ◦C for a maximum of
48 h, before undergoing the microcystin analysis. These water samples were analyzed for
turbidity and cyanobacteria cell counts immediately after being collected.

All the sludge from the jar test was collected, combined, and transferred to a separate
dewatering container for each of the experiments and allowed to settle for 24 h. After 24 h
of dewatering, the supernatant from the process was separated into two parts, 500 mL of
the sample were used for MC-LR concentration analysis and the remainder was transferred
to the second-day feed water to imitate the recycling of dewatered supernatant in a con-
ventional water treatment system. The combined water was processed through the jar test
experiment again to simulate the preliminary treatment.

5.3. Water Quality Analysis
5.3.1. Turbidity

The water effluent samples from each time step were analyzed for turbidity using
a HACH 2100AN turbidity meter (HACH, Loveland, CO, USA). The instrument was
calibrated according to the manufacture’s specifications for every 24-h time step.

5.3.2. Analysis of Microcystins

In the absence of suitable standards for most microcystin variants, the microcystin
concentration in this experiment for all samples was expressed as equivalent of microcystin-
LR (MC-LR) [38–40].

Prior to the liquid chromatography MC-LR analysis, the samples were concentrated
using solid-phase extraction cartridges (Waters, Oasis SPE, Milford, CT, USA). The MC-LR
concentration was analyzed by using a Liquid Chromatography-Quadrupole Time-of-
Flight-Mass Spectrometer (Agilent 1260 Infinity HPLC coupled with an Agilent 6530 QTOF-
MS, LC-QTOF-MS, Santa Clara, USA). Sample volumes of 10 µL were injected into the
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column (Agilent Zorbax Eclipse C18, Santa Clara, CA, USA) at a flow rate of 0.35 mL/min.
Negative Electrospray Ionization (-ESI) mode was selected for the analysis. The concentra-
tion of the MC-LR was determined by the calibration of the peak areas.

5.3.3. Analyzing the Sand Filter Media after the Experiment

After the breakthrough point for either the turbidity or water height was reached in both
control and experimental filter beds, the filter media was removed from the glass column
and transferred into separate Erlenmeyer flasks. Deionized water (Milli-Q, 500 mL) was
then added to the flasks, and flasks were mechanically shaken for 24 h to remove deposited
cyanobacteria cells and MC-LR from the media surface. Then, the supernatant from the
process was filtered through a glass filter module. The filter paper was collected and cut into
1 mm × 1 mm pieces and sonicated in 20 mL of Milli-Q water for 2 h, after the completion of
the sonication the sample was centrifuged at 3500 rpm for 5 min. Both the filtered and the
centrifuged samples were combined and analyzed for total MC-LR concentration.
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Abstract: Conventional processes (coagulation, flocculation, sedimentation, and filtration) are widely
used in drinking water treatment plants and are considered a good treatment strategy to eliminate
cyanobacterial cells and cell-bound cyanotoxins. The diversity of cyanobacteria was investigated
using taxonomic cell counts and shotgun metagenomics over two seasons in a drinking water treat-
ment plant before, during, and after the bloom. Changes in the community structure over time at
the phylum, genus, and species levels were monitored in samples retrieved from raw water (RW),
sludge in the holding tank (ST), and sludge supernatant (SST). Aphanothece clathrata brevis, Microcystis

aeruginosa, Dolichospermum spiroides, and Chroococcus minimus were predominant species detected
in RW by taxonomic cell counts. Shotgun metagenomics revealed that Proteobacteria was the pre-
dominant phylum in RW before and after the cyanobacterial bloom. Taxonomic cell counts and
shotgun metagenomic showed that the Dolichospermum bloom occurred inside the plant. Cyanobac-
teria and Bacteroidetes were the major bacterial phyla during the bloom. Shotgun metagenomics
also showed that Synechococcus, Microcystis, and Dolichospermum were the predominant detected
cyanobacterial genera in the samples. Conventional treatment removed more than 92% of cyanobac-
terial cells but led to cell accumulation in the sludge up to 31 times more than in the RW influx.
Coagulation/sedimentation selectively removed more than 96% of Microcystis and Dolichospermum.
Cyanobacterial community in the sludge varied from raw water to sludge during sludge storage
(1–13 days). This variation was due to the selective removal of coagulation/sedimentation as well as
the accumulation of captured cells over the period of storage time. However, the prediction of the
cyanobacterial community composition in the SST remained a challenge. Among nutrient parameters,
orthophosphate availability was related to community profile in RW samples, whereas communities
in ST were influenced by total nitrogen, Kjeldahl nitrogen (N- Kjeldahl), total and particulate phos-
phorous, and total organic carbon (TOC). No trend was observed on the impact of nutrients on SST
communities. This study profiled new health-related, environmental, and technical challenges for
the production of drinking water due to the complex fate of cyanobacteria in cyanobacteria-laden
sludge and supernatant.

Keywords: cyanobacteria; microcystins (MCs); water treatment; sludge; shotgun metagenomics;
cyanobacterial community; high-throughput sequencing
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Key Contribution: High-throughput sequencing was applied to investigate cyanobacterial com-
munity in raw water, stored sludge, and supernatant of sludge holding tanks in a drinking water
treatment plant.

1. Introduction

Cyanobacterial cells and their associated cyanotoxins are considered to represent
an important challenge due to (1) their health threat to humans and animals; (2) their
negative aesthetic impacts with respect to taste, odor, and color; (3) the implications of
extra water treatment requirements for ozonation and membrane filtration; and (4) the
increased consumption of coagulants, flocculants, and activated carbon [1–3].

Conventional treatment using coagulation, flocculation, sedimentation, and filtration
is a common approach for cyanobacterial removal from intake water [1,3,4]. However,
conventional treatment is not efficient at removing dissolved cyanotoxins [5]. In addition,
hydraulic and chemical stresses during treatment may cause damage to cells and trichomes,
leading to the release of cyanotoxins [6,7]. Another challenge of conventional treatment is
the increase in cyanobacteria and cyanotoxin concentrations in the clarifiers and filters of
water treatment plants (WTPs) and their accumulation in the sludge of clarifiers [3,4,8,9].
Cyanobacterial cells can be present at concentrations 10–100 times higher in the sludge than
in intake water, even in plants with low cyanobacterial flux (<1000 cells/mL) [10,11]. More-
over, some investigations have shown that coagulated cells can stay viable in the sludge for
2 to 10 days [4,9,12–14]. More recently, cell viability in the sludge was observed for more
than 20 days [15]. During this period, microcystin-LR (MCLR) and cylindrospermopsin
concentrations increased to 3–7 times their initial levels. The authors of [16] reported that
metabolite concentrations in the sludge supernatant after storage were up to five times
greater than those within the sludge before storage. This shows a new challenge in sludge
management during storage and when the sludge supernatant is recycled to the head of
the plant [16,17]. The fate of cyanobacteria and cyanotoxins during and after coagulation
and in the sludge is not fully understood. The impacts of coagulation on cyanobacterial
cells are still controversial. Although some studies have demonstrated that coagulation
depends on cyanobacterial species [3,17,18], another study showed that cells are not selec-
tively captured by coagulation [15]. It has been shown that cell damage and metabolites
released in sludge are associated with various environmental conditions; however, due to
the complex interactions of cyanobacteria with treatment processes, the primary factors
behind this complex behavior are still not determined [16,19]. Additionally, although the
positive impact of powdered activated carbon (PAC) on cyanotoxin degradation in raw
water (RW) has been widely studied [5,20–23], there are no data about the role of injected
PAC in RW in the degradation of accumulated cyanotoxins within sludge.

Recently, high-throughput sequencing and metagenomics techniques have been suc-
cessfully applied to describe microbial communities in the water resources to predict the
occurrence of cyanobacterial blooms [24,25]. During the last decade, several studies have
investigated bacterial communities in WTPs and have demonstrated that while microbial
communities in the water treatment chain are represented by water intake, treatment
processes have an impact on the microbial community structure through WTPs [17,26–32].
Few studies have investigated bacterial communities within sludge in WTPs [33,34]. The
authors of [33] reported similar bacterial communities in sludge samples collected from six
different Chinese WTPs with the same treatment processes. They reported similar bacterial
communities in sludge samples, suggesting that bacterial communities in sludge might
be shaped by RW communities; however, they did not compare the bacterial composition
in sludge with that in RW. The authors of [34] studied the impact of different coagulants
on bacterial communities and metabolite release in sludge. They found that the relative
abundance of the dominant genera Microcystis, Rhodobacter, Phenylobacterium, and Hy-
drogenophaga decreased, reflecting their damage and the subsequent release of extracellular
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microcystin and organic matter. They suggest that the sludge should be treated or disposed
of within 4 days to avoid the proliferation of the pathogens.

There are basically no studies exploring the impact of RW cyanobacterial communities
on cyanobacteria-laden sludge and its supernatant in WTPs. Moreover, previous studies
considered sludge as a batch samples, while in WTPs cyanobacteria-laden sludge might
be dynamically affected by different parameters such as RW characteristics, treatment
process functionality, and sludge storage time. The impact of these parameters on the
cyanobacterial community structure of sludge has not been investigated. No comparative
analysis has been carried out on bacterial/cyanobacterial community composition within
RW, sludge, and sludge supernatant. Due to the knowledge gaps related to the fate of
cyanobacteria and cyanotoxins in sludge, high-throughput sequencing techniques could
be useful to better understand the community dynamics of cyanobacteria-laden sludge
through a WTP. This study is the first to use both shotgun metagenomic sequencing and
taxonomic cell count approaches to provide an overview of cyanobacterial composition in
RW, a sludge holding tank (ST), and the corresponding sludge supernatant (SST) in a WTP.

The general objective of this research was to study the fate of cyanobacteria and its
associated cyanotoxins in a WTP. The specific objectives were to: (1) diagnose critical
points of WTPs where cyanobacteria cells and their associated cyanotoxins accumulate;
(2) determine the relationship between cyanobacterial communities in RW, sludge, and its
supernatant; (3) determine the impact of nutrients on cyanobacterial community shifts in
RW, the sludge holding tank, and its supernatant; and (4) compare taxonomic cell counts
with shotgun metagenomic sequencing results.

2. Results and Discussion
2.1. Impact of Conventional Treatment on Cyanobacteria and Cyanotoxins

During the period prior to the bloom (1 July to 30 August 2017), taxonomic cell
counts in RW were below 5.0 × 104 cells/mL and Aphanothece clathrata brevis was the
most dominant species, representing 65–100% of total cell counts. Dolichospermum spiroides
(0–26%), Chroococcus minimus (0–34%), Microcystis aeruginosa (0–2%), and Dolichospermum
circinale (<1%) were detected frequently (Figure 1). During this period, low concentrations
of MCs were detected, with dissolved microcystin (MC) levels below 90 ng/L and cell-
bound MC levels below 10 ng/L (Figure 2, Table S2).

A cyanobacterial bloom appeared in Missisquoi Bay in late August, and total taxo-
nomic cell counts increased in RW to 3.1 × 105 cells/mL on 1 September. The dominant
species was D. spiroides, representing 52% of total cell counts with a concentration of
1.6 × 105 cells/mL. Other identified species were A. clathrata brevis (1.0 × 105 cells/mL,
33%), M. aeruginosa (4.0 × 104 cells/mL, 13%), and Coelosphaerium kuetzingianum
(1.7 × 103 cells/mL, 1%) (Figure 1). The low total MC level increased to 260.1 ng/L, of
which 191.9 ng/L were dissolved (Figure 2). On the sampling dates following the bloom
(5 September and 27 October), cell counts decreased to around 3.9 × 104 cells/mL and
remained constant. The species A. clathrata brevis was dominant during those two dates
(68–85%). C. minimus (31%) was also found on 5 September and M. aeruginosa (31%) and
Aphanizomenon gracile (1%) were found on 27 October. MCs remained below the detec-
tion limit (DL) on 5 September. On 27 October, the total MC concentration increased to
142.6 ng/L, of which 121.9 ng/L were dissolved (Figure 2).

Through the treatment process, 86–99% of total cyanobacterial cells were removed by
the clarifier. In particular, 85–100% of M. aeruginosa, A. clathrata brevis, C. minimus, A. gracile,
and D. spiroides were eliminated. These results are in agreement with previous studies
documenting coagulation efficiency of between 62% and 99% [4,8,14,35,36]. Meanwhile,
14–71% of the escaped cells from the clarifier were removed by filtration (Figure 1). Overall,
92–99% of cells were eliminated by conventional treatment. A previous study on this
plant found a similar reduction [3]. Furthermore, taxonomic cell counts increased from
25% to 120% in treated water (TW) on all sampling dates. A. clathrata brevis (72–99%)
remained dominant in TW, except on the bloom date (1 September). On 1 September,
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the cyanobacterial composition in TW consisted of D. spiroides (62%), A. clathrata brevis
(29%), and Pseudanabaena mucicola (9%) (Figure 1). Cell counts in TW (after chlorination)
were 1.3–2 times greater than cell counts in filtered water (FW) (before chlorination). This
accumulation can be problematic if accumulated cells produce cyanotoxins.
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Figure 1. Distribution of cyanobacterial species in the water treatment plant (WTP) by taxonomic cell counts: (a) all species,
(b) speciation of species other than Aphanothece clathrata brevis. RW: raw water, CW: clarified water, FW: filtered water, TW:
treated water, ST: sludge holding tank, SST: sludge holding tank supernatant. Sludge storage times—27 July 2017: 8 days;
15 August 2017: 3 days; 25 August 2017: 8 days; 30 August 2017: 13 days; 1, 5 September 2017: 1 day; 27 October 2017:
2 days. NS: sample not taken.

Total taxonomic cell counts in ST remained around 3–31 times greater than in RW
(Figure 1). The cell percentage of A. clathrata brevis in ST decreased from ~100% on 27 July
to 32% on 1 September (bloom date). In contrast, during this period, the percentages of
Aphanocapsa delicatissima and D. spiroides increased from 0% to 29% and 27%, respectively.
On 1 September, M. aeruginosa counts in ST were four times greater than in RW. Further-
more, A. delicatissima, P. mucicola, Aphanizomenon flos-aquae, D. circinale, and C. kuetzingianum
were detected in small amounts (0–1.7 × 103 cells/mL) in RW, whereas their cell counts
increased to between 2.5 × 102 to 1.2 × 106 cells/mL in ST on the corresponding dates
(Figure 1).

Cell counts in SST remained around 94–98% lower than those in ST and 69–97% lower
than those in RW. A. clathrata brevis was dominant (83–99%) in SST, with small percentages
of D. spiroides (1–6%) and P. mucicola (5–11%).
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Figure 2. Concentration of dissolved and cell-bound microcystins (MCs) in raw water (RW), in the
sludge holding tank (ST), and in sludge holding tank supernatant (SST). NS: sample not taken, DL:
below detection limit.

Total MCs in ST and SST remained below 281 and 128 ng/L, respectively, during
the sampling campaign (Figure 2). These MC trends are inconsistent with previous in-
vestigations which reported MCLR concentrations in the clarifier sludge to be around
10 times greater than in RW [3,8]. This low concentration of MCs measured in the ST
also contradicts the results of [16], where it was shown that cyanobacterial metabolites in
lagoon supernatant were 2 to 5 times greater than the initial concentrations. One reason
behind the low MC concentrations in the ST as well as in the SST in our study may be the
impact of injected PAC in RW on accumulated MCs in stored sludge. Indeed, levels of
dissolved MCs were reduced from 121.7 ng/L (1 September) to below DL on 5 September
when the PAC dose increased from 9.2 to 27.3 mg/L. In contrast, the concentration of
dissolved MCs increased to 116.7 ng/L on 27 October when the PAC dose decreased to
7.0 mg/L (Figures 2 and 3). A second reason may be the biodegradation of MCs during
sludge storage. However, the authors of [37] documented biodegradation of MCs as being
very low compared to individual microcystin analogues.
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2.2. Cyanobacterial Diversity in Sludge and Supernatant Assessed by Shotgun
Metagenomic Sequencing

From 27 July to 25 August 2017, Proteobacteria remained dominant in RW and their
relative abundance increased from 26% to 56%. Actinobacteria (12–26%) and Bacteroidetes
(14%) were the following dominant phyla in RW. During this period, Cyanobacteria,
Verrucomicrobia, and Firmicutes had small relative abundances below 6%, 5%, and 3%,
respectively. On 30 August, the abundance of Proteobacteria and Actinobacteria decreased
to 35% and 14.6%, respectively, while that of Cyanobacteria and Bacteroidetes increased
to 19%. On 1 September, the community profile was associated with high cyanobacterial
levels (38%) and was distinct from those of other sampling dates where there were lower
cyanobacterial levels. This is coherent with trends observed in taxonomic cell count
results on 1 September. Similarly, the relative abundance of Bacteroidetes reached its
highest level (32%) on that date (Figure 4), as supported by previous reports linking
cyanobacterial blooms with Bacteroidetes [38,39]. Indeed, Bacteroidetes is associated
with nutrient loadings which promote the growth of Cyanobacteria [40]. In this work,
we observed that total (TN) and dissolved nitrogen (DN) were significantly associated
with the Bacteroidetes community (Table S1, Figure S1). On the next sampling dates
(5 September and 27 October), the abundance of Cyanobacteria and Bacteroidetes decreased
to 12.4% and 4.5% on 5 September, and 19% and 14% on 27 October, respectively. The
abundance of Proteobacteria increased from 37% to 48% (Figure 4). On 30 August (before
the bloom) and 5 September (after the bloom) Proteobacteria and Actinobacteria were the
two dominant phyla in the ST (56–57% and 14–17%, respectively) and SST (56–68% and
18–20%, respectively) (Figure 4). During this period, the relative cyanobacterial abundance
in the ST and SST was about 7% and 4%, respectively. Interestingly, Bacteroidetes was also
found at low levels, fluctuating from 5% to 12% and from 7% to 18% in the ST and SST,
respectively.
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At the genus level within Cyanobacteria in RW, Synechococcus and Microcystis were
predominant on 27 July and 15 August (Figure 5). In late August, the relative abundance of
Synechococcus and Microcystis, declined, while that of Dolichospermum and Nostoc, increased.
The relative abundance of Dolichospermum reached its maximum level on 30 August and
1 September (bloom date). After the bloom date (5 September and 27 October), the rela-
tive abundance of Dolichospermum decreased, while that of Microcystis and Synechococcus
increased, and the diversity of cyanobacterial communities almost returned to pre-bloom
conditions (Figure 5). A previous investigation in Missisquoi Bay documented that the
relative abundance of Dolichospermum and Microcystis repeatedly alternated in bloom and
non-bloom events [24], while our study showed that Synechococcus also shifted from being a
highly abundant taxa before and after the bloom to being present with very low abundance
during the bloom.
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The relative abundance of the genera and species changed between RW and ST/SST
stages (Figure 5). It is important to note that the structural composition of the sludge
communities was not expected to match because sludge is the result of several days of
cyanobacterial cell accumulation in the holding tank. For example, when considering
samples from 25 August 2017, the sludge holding time was estimated as 13 days, while
that of 5 September was 1 day. A comparison between RW (25 and 30 August) and ST
(30 August) showed that there was a higher abundance of Synechococcus and a lower
abundance of Dolichospermum in the ST as compared to RW. This trend was also observed
on 5 September. On 25 August, the relative abundance of Microcystis was lower in the ST in
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comparison to RW, while the opposite trend was observed on 30 August. On 5 September,
the abundance of Microcystis was higher in the ST than in the RW. The abundance of
Synechococcus in SST (30 August) was higher than in RW (25 and 30 August). This trend
was also observed on 5 September. The opposite trend of Synechococcus was observed within
that of Dolichospermum. The abundance of Microcystis in SST (30 August) was lower than in
RW on 25 August but higher than in RW on 30 August. On 5 September, the abundance of
Microcystis in SST was lower than that in RW. The relative abundance of Synechococcus in
the ST was higher than that in SST on both sampling dates (30 August and 5 September).
On 30 August, the relative abundances of Microcystis and Dolichospermum were similar
in the ST and SST. Interestingly, on 5 September, the abundance of Microcystis decreased
in SST compared to the ST, while Dolichospermum showed the opposite trend (Figure
5). At the species level, similar trends were observed in M. aeruginosa, Dolichospermum
sp. 90, and Synechococcus sp. CB0101 (Figure 6). Additionally, other genera with lower
relative abundance (<6%) were detected in the samples. For example, Prochlorococcus,
Cyanobium, Fischerella, Calothrix, and Cyanothece did not show significant changes between
the RW, ST, and SST (Figure 6, Figure S2 and S3). The richness of cyanobacterial species
(Chao1 index) remained approximately constant in the RW (578 and 598 on 30 August
and 5 September, respectively) and the ST (599 and 620 on 30 August and 5 September,
respectively), while it decreased in the SST (275 and 475 on 30 August and 5 September,
respectively) (Figure 7a). The difference in richness between RW and ST with respect to
SST suggests that the cyanobacterial communities in SST and ST were different but that
there were similarities between the ST and RW.
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Figure 7. Evaluation of cyanobacterial richness and diversity in raw water (RW) (25 and 30 August
and 5 September 2017), in the sludge holding tank (ST), and in sludge holding tank supernatant (SST)
on 30 August and 5 September 2017 using (A) Chao1 and (B) the Shannon index.

Between 27 July and 30 August, the Shannon index increased from 4.18 to 4.51 in RW,
while it decreased to 4.06 on bloom on 1 September (Figure S4). Our results showed that
the diversity decreased during the bloom, in agreement with [24]. The Shannon index in
the ST on 30 August (4.4) indicated similar diversity profiles to RW on 25 August (4.39)
and 30 August (4.28). Due to 13 days of sludge storage time on 30 August, the diversity in
the ST was affected by the bacterial populations in RW in samples on both 25 August and
30 August. The Shannon index in the sludge decreased to 4.16 on 5 September, which is a
lower value than the Shannon index in the RW (4.38) on the same date (Figure 7b).

Overall, when relating structural composition of the communities found in raw water
(RW), in the sludge holding tank (ST), and in sludge holding tank supernatant (SST), several
factors should be considered:

• As expected, changes in composition of RW communities were observed and affected
the microbial populations in the ST. Since sludge accumulates over the period of time
(1–13 days in this case), the ST profile is expected to reflect accumulative diversity
considering both the relative abundance and biomass. Furthermore, the efficacy of
coagulation and settling is species-dependent, as shown by [3,17]. Previous investiga-
tions also demonstrated that 96–100% of Dolichospermum and Microcystis cells were
more likely to be captured by the clarifier [3,8], and that the coagulation efficiency for
these genera was twice the value observed for Synechococcus [41].

81



Toxins 2021, 13, 25

• The communities found in the ST and SST showed different trends at the phylum and
genus level as shown by the Shannon index (Figure S5, Figures 4 and 5). In fact, at
the phylum level, Cyanobacteria was selectively removed and retained within sludge
(Figure 4). The cyanobacterial community distribution in the supernatant reflects
the incoming sludge and the subsequent buoyancy of the community in the sludge.
Storage in the holding tank of the sludge may cause cell breakage, leading to vesicle
damage [42] and interruption of buoyancy regulation [43]. This would affect the
profile of the supernatant in our work. The increase in cyanobacterial richness in
SST on 5 September might be due to the longer sludge storage time in the 30 August
sample (13 days) compared to that of 5 September (1 day), providing more time for
cell damage.

• Cell survival, re-growth, and damage might have occurred in ST during sludge storage.
The longer storage of the sludge might have led to cell lysis in the sludge. These phe-
nomena were documented in several studies for various dominant genera including
the most dominant genera in this study (Microcystis and Dolichospermum) after 2 days
of sludge storage [4,15,16,44]. Furthermore, trichome damage of Dolichospermum due
to the treatment stress has been already reported [7]. However, there are no data on
the fate of Synechococcus in stored sludge.

Understanding the community structure and dynamics in the ST and SST is impor-
tant for quantitative cyanobacterial risk assessment. Water operators need to be able to
predict the exchanges between the sludge and the supernatant. Supernatant (SST) can be
discharged into water resources or recycled to the head of the WTP and could constitute a
risk for the water intake or an additional burden on the plant treatment processes. Sludge
(ST) can be disposed of in wastewater collectors, processed as sludge in lagoons or sludge
facilities, or land-applied.

Other studies have shown that environmental conditions can impact sludge com-
munities [16,19]. Redundancy analysis (RDA) analyses were performed to evaluate the
relationship between nutrients (Table S1) and cyanobacterial communities. Orthophos-
phate (OP), total nitrogen (TN, sum of Kjeldahl nitrogen (N- Kjeldahl), organic nitrogen,
nitrite, and nitrate), N-Kjeldahl, total phosphorous (TP), particulate phosphorous (PP),
and total organic carbon (TOC) exerted significant effects (p < 0.05) on community profiles
in different ways (Figure 8). A clear correlation was observed between OP in RW, with
Nostocales (reported to have a 4.5 times higher relative abundance of genes related to phos-
phorous metabolism than Chroococcales) found at low concentrations of phosphorous [45].
Other studies have demonstrated that higher concentrations of nitrogen, phosphorous, and
carbon resulted in better conditions for bacterial communities and led to an increase in
microbial growth [33,34,46]. In our study, RDA analyses showed that OP was more avail-
able in RW than in the ST and SST and that TN, N- Kjeldahl, TP, PP, and TOC had a strong
impact on the cyanobacterial population in the ST, which mostly contained Chroococcales.
None of these nutrient parameters seemed to affect the SST. This is in accordance with
our previous observations on the different patterns of cell accumulation in SST. However,
it must be noted that the mass of nutrients measured in sludge (2.0–32.8 mg/L of TN
and 0.48–5.9 mg/L of TP), was not associated with cyanobacterial cell-bound nutrients
nor with dissolved nutrients. Using reference values for cell nutrient content, cell-bound
nutrients consist of less than 0.8% nitrogen and 0.4% phosphorous [47]. The persistence
of Chroococcales in the sludge environment could be the result of the high environmental
resistance and the ability to thrive in the presence of elevated levels of nutrients (Figure 8).
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Figure 8. Redundancy analysis (RDA) of cyanobacterial communities with respect to nutrient parameters in (a) raw water
(RW), in the sludge holding tank (ST), and in sludge holding tank supernatant (SST); (b) cyanobacterial distribution at the
order level. RDA1: 65.6%, RDA2: 8.7%. Only significant parameters (p < 0.05) are shown.

2.3. Comparison between Shotgun Metagenomic Sequencing and Taxonomic Cell Counts

The observed genera from microscopic cell counts do not completely match the high-
throughput sequencing results, as Aphanothece, Chroococcus, Aphanocapsa and Coelosphaerium
were not detected by shotgun metagenomics. In RW, M. aeruginosa, D. circinale, D. spiroides,
A. gracile, and P. mucicola were detected through both taxonomic cell counts and metage-
nomics (data not shown). In contrast, A. clathrata brevis, C. minimus, and C. kuetzingianum
were detected only by taxonomic cell counts and not by metagenomics (data not shown). In
ST, only M. aeruginosa, D. spiroides, and D. circinale were detected by both approaches, while
A. clathrata brevis, C. minimus, P. mucicola, A. delicatissima A. flos-aquae, and C. kuetzingianum
were only detected in taxonomic cell counts (data not shown). Overall, 76% and 88% of
the detected species by metagenomics were not detected by taxonomic cell counts in RW
and ST, respectively (Figures 1 and 6). As recently discussed [48], taxonomic cell counts
and high-throughput sequencing can yield different community profiles because of the
limitations inherent to each of these methods. Physical and chemical stress in WTPs may
cause damaged cells and affect taxonomic cell counts [7], while DNA can be extracted from
lysed and dead cells and provide metagenomics shotgun reads [49]. Despite the advantages
of taxonomic cell counts, measurement bias such as misidentification of morphologically
similar species, the impact of the conservation agent on biovolume, and the complexity
of counting species in aggregates should be considered [50–52]. In sludge samples, the
presence of debris, sediments, and a high number of cells might increase the probability of
cross interferences. New metagenomic approaches based on direct cloning and shotgun
sequencing of environmental DNA represent a powerful tool for species classification and
the evaluation of community dynamics through water treatment processes. However,
use of metagenomics also represents some challenges such as: (1) an inadequate recovery
rate of DNA [53]; (2) contamination of DNA during extraction [54,55]; and (3) a lack of a
standard identification pipeline that includes all species [56].

3. Conclusions

• Bacterial communities shifted before and after the cyanobacterial bloom. Proteobacte-
ria was the predominant phylum in RW before the bloom. Levels of Cyanobacteria
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and Bacteroidetes progressively increased to reach their greatest abundance on the
bloom date. This high abundance of Bacteroidetes was associated with nutrient-rich
conditions which occurred during the cyanobacterial bloom. After the bloom, bacterial
communities returned to almost the same composition as prior to the bloom.

• Conventional treatment eliminated 92–97% of the cyanobacterial cells, as revealed by
cell counts. Overall, 96% of Microcystis and Dolichospermum were eliminated by this
process. At first glance, this is an effective approach to controlling the cyanobacterial
flux. However, coagulation leads to accumulation of cyanobacterial cells in the sludge.
Even a low cell number in intake water (3.9 × 104 cells/mL) led to 31 times as much
cell accumulation in the sludge.

• Selective removal of cyanobacteria at the genus and species levels by coagulation/
sedimentation has been highlighted by both metagenomic shotgun sequencing and
taxonomic cell counts. Sludge (ST) cyanobacterial composition differs from RW if only
samples from the same day are considered. Sludge diversity reflects both selective
removal by coagulation/sedimentation and the accumulation of captured cells over a
period of time as determined by sludge age.

• Monitoring strategies focusing on sporadic measurement of the diversity in raw water
cannot capture the risk associated with the storage and disposal of the sludge. Sludge
community profiles also appear to be a better indicator for evaluating the influx of
cyanobacterial communities in WTPs. Indeed, the sludge profile reflects a cumulative
community in terms of relative abundance and biomass.

• Bacterial and cyanobacterial communities of sludge in the holding tank (ST) markedly
differed from those measured in sludge supernatant (SST). The communities found
in the ST and SST showed different trends at the phylum and genus level as shown
by the Shannon index. The prediction of cyanobacterial communities in the super-
natant remains a challenge as it is often recycled, possibly adding cyanobacteria and
cyanotoxins to the intake water.

• Considering environmental parameters monitored, nutrients were the most discrimi-
nating factors affecting cyanobacterial communities. Cyanobacterial communities in
RW were influenced by OP, while the sludge communities were correlated with TN,
N- Kjeldahl, TP, PP, and TOC.

• Storage, management, and disposal of the cyanobacteria-laden sludge are techni-
cal and health-related challenges. By adjusting the storage time and adding PAC,
risk assessment of supernatant recycling can be applied to minimize the impact of
cyanobacteria and cyanotoxin accumulation.

4. Materials and Methods
4.1. Description of the Studied Water Body and Plant, Including Treatment Schematics

A plant located on the Canadian side of Missisquoi Bay, Lake Champlain, located
South East of Montreal was monitored from 27 July to 27 October 2017. The plant intake
water is situated 180 m within the bay. The treatment chain is presented in Figure 9.
Briefly, powdered activated carbon (PAC) injection followed by conventional treatment
(coagulation, flocculation, sedimentation) and a post-chlorination step are applied as
treatment. The clarifier sludge is stored in a sludge holding tank. The supernatant of this
sludge is discharged into the lake and the sludge is transferred to the local wastewater
treatment plant.

Overall, seven sampling campaigns were performed on the following dates: 27 July,
15, 25, and 30 August, 1 and 5 September, and 27 October 2017. Specifications of the plant
and treatment are summarized in Table S2.
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treated water; ST: sludge holding tank; SST: supernatant of the sludge holding tank.

4.2. Description of the Studied Water Body and Plant Including Treatment Schematics

Samples were taken following each treatment step from raw water (RW), clarified
water (CW), filtered water (FW), treated water (TW), the sludge holding tank (ST), and
sludge holding tank supernatant (SST).

Autoclaved 1-L polypropylene bottles, 5-L polypropylene containers, and 40-mL glass
vials were used for each sampling point. Before sampling, all containers and vials were
rinsed with the water from the sampling point. The 40-mL vials were used for taxonomic
cell counts. The taxonomic samples were preserved with Lugol’s iodine. Subsamples were
taken for metagenomics from the 1-L bottles; the 5-L containers were used for cell-bound
and dissolved microcystins (MCs) and nutrient samples.

Genomic subsamples were prepared by sample filtration via 0.2-µm polyethersulfone
hydrophilic membranes (Millipore Sigma, Oakville, ON). Membranes were stored in the
sterile Falcon tube at −80 ◦C. Cell-bound and dissolved microcystin subsamples were pre-
pared by sample filtration using pre-weighted 0.45-µm GHP membranes (Pall, Mississauga,
ON). The filters were kept in the petri dish and the filtrate was kept in 125-mL gradu-
ated polyethylene terephthalate glycol (PETG) amber bottles (Thermo Fisher, Mississauga,
ON). Subsamples for total nitrogen (TN), total phosphorous (TP), and total organic carbon
(TOC) were aliquoted directly. Dissolved nitrogen (DN), Kjeldahl nitrogen (N- Kjeldahl),
ammonium nitrogen (NH4), nitrite/nitrate (NO2/NO3) and dissolved phosphorous (DP)
subsamples were filtered on 0.45-µm membranes (Millipore Sigma, Oakville, ON).

Genomic subsamples were taken in triplicate, while MC and nutrient samples were
taken in duplicate. MC, N- Kjeldahl, and NO2/NO3 subsamples were frozen at −25 ◦C.
TN, TP, and TOC samples were stored at 4 ◦C. Taxonomic cell count samples were stored
in a dark place at ambient temperature.

4.3. Description of Analytical Methods
4.3.1. Taxonomic Cell Counts

Taxonomic cell counts were performed by an inverted microscope in a Sedgwick-Rafter
chamber at magnifications of 10 and 40× according to [57–59].
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4.3.2. Microcystin Analysis

Total microcystins (MCs) were analyzed by on-line solid-phase extraction ultra-high-
performance liquid chromatography coupled to tandem mass spectrometry (on-line SPE-
UHPLC-MS/MS). Firstly, samples were oxidized by potassium permanganate and sodium
(meta) periodate (Sigma Aldrich, Oakville, ON, Canada). Secondly, samples were quenched
by a 4M sodium bisulfite solution (Sigma Aldrich, Oakville, ON, Canada). Thirdly, the stan-
dard solutions of 4-phenylbutyric acid (50 ng/L) (Sigma Aldrich, Oakville, ON, Canada)
and erythro-2-Methyl-3-methoxy-4-phenylbutyric acid (D3-MMPB, 10 ng/L) (Wako Pure
Chemicals Industries, Ltd., Osaka, Japan) were added to the samples. Fourthly, 10 mL
of solution were filtered using 0.22-µm nylon filters (Sterlitech Corporation, Kent, WA,
USA). Aliquots were taken for analysis using the Thermo EQUAN™ interface (Thermo
Fischer Scientific, Waltham, MA, USA). The “in-loop” injection was controlled by an HTC
Thermopal autosampler (CTC analytics, Zwingen, Switzerland). Then, samples were
loaded into a Thermo Hypersil Gold aQ C18 (on-line SPE) column (20 mm × 2.1 mm,
12 µm). Separation of toxins was performed on a Thermo Hypersil Gold C18 column
(100 mm × 2.1 mm, 1.9 µm). MS/MS detection was performed by thermo TSQ QUANTIVA
triple quadrupole mass spectrometer (Thermo Fischer Scientific) following UHPLC. Water,
methanol, and acetonitrile for HPLC were purchased from Fisher Scientific (Whitby, ON,
Canada) and formic acid (>95%), potassium carbonate, ammonium hydroxide (28–30%
NH3), and ammonium acetate (≥99.0%) were obtained from Sigma Aldrich (Oakville, ON,
Canada). More details are provided by Munoz et al. [60] and Roy-Lachapelle et al. [61].

4.3.3. Nutrient Analysis

Nitrogen, nitrite, nitrate, and ammonium nitrogen were analyzed by the colorimet-
ric technique based on EPA 350.1 and 353.2 standard methods [62,63]. Phosphorous and
phosphate were measured by the colorimetric technique based on EPA 365.1 and 365.3 meth-
ods [64]. TOC was analyzed by Sievers InnovOX Laboratory TOC analyzer (USA) based
on USEPA 415.1 method [65].

4.4. DNA Extraction and Metagenomics Preparation

The extraction of total nucleic acid from frozen filters was performed with the RNeasy
PowerWater Kit (Qiagen, Toronto, ON, USA) with slight modifications. To avoid formation
of disulfide bonds protein residuals, dithiothreitol (DTT) was spiked into the pre-warmed
(55 ◦C) PM1 buffer. Since substantial biomass remained on the surface of the membrane
after the bead-beating step, the filters were transferred alongside the supernatant and were
incubated with the IRS solution. Total nucleic acids were eluted with 60 µL of nuclease-free
water. Half of the sample was treated with RNase If (New England Biolabs, Whitby, ON)
to remove the RNA. The resulting DNA was purified using the Genomic DNA Clean
& Concentrator TM-10 (Zyimo Research Corporation, Irvine, CA, USA), following the
instructions of the manufacturer.

For the sludge samples, the RNeasy PowerSoil Total RNA Kit (Qiagen, Toronto, ON,
Canada) was used with two modifications to improve the recovery of DNA. The modifi-
cations consisted of (1) a centrifugation step for 5 min at 13,000 rpm at 4 ◦C to separate
the water from the sludge; and (2) incubation at −20 ◦C for 60 min after the addition
of solution SR4 to precipitate nucleic acids. DNA was eluted using the PowerSoil DNA
Elution Kit (Qiagen, Toronto, ON, Canada), following the instructions of the manufacturer.
DNA quantification was done by Qubit V2.0 fluorometer (Life Technologies, Burlington,
ON, Canada). The metagenomic libraries (Roche 454 FLX instrumentation with Titanium
chemistry) were sent to McGill University and Genome Quebec Innovation Centre for
sequencing. Ninety-six libraries were then pooled together and sequenced on a NovaSeq
6000 S4 with paired end of 150 bp and an insert of 360 bp.

Metagenomic analysis were performed on all RW, ST, and SST samples collected on
5 August and 5 September. Community dynamics was assessed using shotgun metage-
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nomics levels of phylum, order, genus and species. The number of reads for taxonomic
data was normalized by relative abundance.

4.5. Bioinformatics Analysis

DNA libraries were sequenced on the Illumina NovaSeq 6000 platform using S4 flow
cells. Paired-end raw reads of 150 base pairs (bp) were further analyzed using a home-
made bioinformatics pipeline. Firstly, quality trimming of raw reads was performed by the
SolexaQA v3.1.7.1 program with default settings [66]. Trimmed reads shorter than 75 nt
were removed for further analysis. Artificial duplicate removal was performed using an
in-house script based on the screening of identical leading 20 bp. From the trimmed high-
quality reads, gene fragments were predicted using FragGeneScan-Plus v3.0 [67]. Cd-hit
v4.8.1 was applied to cluster predicted protein fragments at a 90% similarity [68]. One
representative of each cluster was used for a similarity search on the M5nr database (https:
//github.com/MG-RAST/myM5NR) using the Diamond engine [69]. For assessment of
taxonomic affiliation of gene fragments encoding proteins, we took into account best hits
(minimal e-value of 1 × 10−5) combined with a last common ancestor approach.

4.6. Statistical Analysis

Statistical analysis was performed by R (3.6.2). Bacterial communities at the phylum,
order, and genus level were analyzed by phyloseq (1.28.0) [70]. Taxonomic data was
normalized by centered log-ratio transformation using easyCODA (0.31.1) [71]. Then,
the cyanobacteria species community was analyzed based on the first 25 most frequent
species by pheatmap (1.0.12) (https://CRAN.R-project.org/package=pheatmap). The
richness index was analyzed by phyloseq’s estimate_richness function. For visualization
of the species community and diversity variation, heat trees were illustrated using the
metacoder (0.3.3) [72]. Beta-diversity was performed by vegan package (2.5–6) (https:
//CRAN.R-project.org/package=vegan). Similarity matrices were calculated according to
Euclidean distance. A redundancy analysis (RDA) was performed to evaluate the impact
of constrained variables on sampling points at >95% significance. The homogeneity of
variances was validated before the model implementation. A model was defined by the
ordistep function [73] to illustrate the impact of nutrient parameters on the distribution of
cyanobacterial communities in the RW, ST, and SST at the order level. The Envfit function
was used to find similar scores and to scale the fitted vectors of variables based on the
correlations. The permutation test (>95% significance) was applied to select significant
variables.

Supplementary Materials: The following are available online at https://www.mdpi.com/2072-6
651/13/1/25/s1. Figure S1. Principal component analysis (PCA) of nutrient parameters’ impact
on (a) sampling dates, and (b) bacterial diversity (phylum-level) in raw water (RW) on 27 July, 15,
25, and 30 August, 1 and 5 September, and 27 October 2017. Only the significant parameters are
shown (p < 0.05). Figure S2. Relative abundance of the top 25 major abundant genera in RW. Samples
taken on 27 July, 15, 25, and 30 August, 1 and 5 September, and 27 October 2017. Figure S3. Relative
abundance of the top 25 major abundant genera in the sludge holding tank (ST) and sludge holding
tank supernatant (SST). Samples taken on 30 August and 5 September 2017. Figure S4. Evaluation of
the cyanobacterial diversity in raw water (RW) on 27 July, 15, 25, and 30 August, 1 and 5 September,
and 27 October 2017 using the Shannon index. Figure S5. Bacterial diversity in the raw water (RW) on
25 and 30 August and 5 September 2017, and in the sludge holding tank (ST) and sludge holding tank
supernatant (SST) on 30 August and 5 September 2017. Table S1. Concentration of nutrients in raw
water (RW), in the sludge holding tank (ST), and in sludge tank supernatant (SST) on 27 July, 15, 25,
and 30 August, 1 and 5 September, and 27 October 2017. Table S2. Concentrations of cell-bound and
dissolved microcystins (MCs) in the RW (raw water), sludge holding tank (ST), and sludge holding
tank supernatant (SST). Table S3. Water characteristics of the studied plant in Missisquoi Bay during
the sampling campaign from July to October 2017.
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Abstract: The cyanotoxin cylindrospermopsin (CYN) has become a significant environmental and
human health concern due to its high toxicological potential and widespread distribution. High
concentrations of cyanotoxins may be produced during cyanobacterial blooms. Special attention
is required when these blooms occur in sources of water intended for human consumption since
extracellular cyanotoxins are not effectively removed by conventional water treatments, leading
to the need for advanced water treatment technologies such as the Fenton process to produce safe
water. Thus, the present study aimed to investigate the application of the Fenton process for the
degradation of CYN at bench-scale. The oxidation of CYN was evaluated by Fenton reaction at
H2O2/Fe(II) molar ratio in a range of 0.4 to 4.0, with the highest degradation of about 81% at molar
ratio of 0.4. Doubling the concentrations of reactants for the optimized H2O2/Fe(II) molar ratio, the
CYN degradation efficiency reached 91%. Under the conditions studied, CYN degradation by the
Fenton process followed a pseudo-first-order kinetic model with an apparent constant rate ranging
from 0.813 × 10−3 to 1.879 × 10−3 s−1.

Keywords: cylindrospermopsin removal; advanced oxidation processes; Fenton process

Key Contribution: Information on CYN degradation by the Fenton process is minimal. To our
knowledge, this is the first published study evaluating the removal of CYN from water using the
Fenton process. This study provides an overall assessment of parameter optimization of Fenton
process for CYN degradation.

1. Introduction

Although natural aquatic ecosystems can be eutrophic as water bodies age and are
filled in with sediments [1], human activities, such as agriculture, industry, and sewage
disposal, can speed up the natural eutrophication of lentic systems by increasing the load
of nutrients, resulting in anthropogenic eutrophication. The nutrients enrichment of an
aquatic environment, mainly due to nitrogen and phosphorus, leads to a rapid growth of
cyanobacteria, algae, and aquatic plants, which results in a shift in the biodiversity and
ecosystem balance, compromising the water quality and various uses of water [2–7].

The fast growth of cyanobacteria in eutrophic waters, most frequently referred to
as cyanobacterial bloom, can be harmful when the toxins produced by these organisms
(cyanotoxins) reach dangerous concentrations to humans and animals. Dozens of genera
and species of cyanobacteria are capable of producing toxins [8–10], which are classified as
secondary metabolites.

The cylindrospermopsins (CYNs) are among the cyanotoxins of most significant
health concern. These cyanotoxins are produced by species of various genera, including
Raphidiopsis (previously Cylindrospermopsis), Aphanizomenon, Dolichospermum (previously
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Anabaena), Lyngbya, and Umezakia. Several CYN producing species are found in lakes,
rivers, and drinking water reservoirs all over the globe [11], and it is known that CYN is
harmful to both animal and human health, with hepatotoxic, nephrotoxic, immunotoxic,
cytotoxic, and genotoxic effects [12–15].

Most cyanobacterial toxins such as microcystins (MCs), nodularins, and saxitoxins are
primarily intracellular, and the dissolved fraction (extracellular toxin) is detected in the
water body when cell lysis occurs. However, CYNs can also be released from viable cells
into the aquatic environment during its life cycle [10]. While extracellular MCs represent
less than 30% of total MCs (intracellular + extracellular toxin) [16], extracellular CYN is
reported ranging from 50 to 90% of the total CYN [17–19]. In addition, extracellular CYN
tends to be reasonably stable in surface water under sunlight irradiation, with a half-life of
11–15 days, although the presence of cell pigments can speed up the CYN oxidation [20].

As cyanotoxins are a threat to human health and their dissolved fractions are not effec-
tively removed by conventional water treatment processes, special attention is necessary
when cyanobacterial blooms occur in drinking water reservoirs [14,21–24].

In 1996 in Caruaru, Pernambuco state, Brazil, following the use of inadequately treated
water from local eutrophic reservoirs, dozens of patients died after intravenous exposure
to MCs during renal dialysis treatment [25,26]. After this tragic event, in 2000, the Brazilian
Ministry of Health established the guideline values of 1 µg L−1 for MCs (mandatory)
and 15 µg L−1 for CYN (recommended) [27]. Based on the studies by Humpage and
Falconer [28], the CYN recommended guideline value was reduced to 1 µg L−1 in 2011 in
Brazil [29], becoming mandatory only in 2021 [30] due to the increasing number of CYN
occurrence reports.

Conventional drinking water treatments, in general, focus on cyanobacteria removal
without compromising cell integrity to remove intracellular toxins, preventing lysis of
cyanobacterial cells, thereby releasing toxins into the water. However, as high concentra-
tions of extracellular CYN (usually ranging from <1 to 10 µg L−1 but occasionally up to
800 µg L−1 [31]) can be found in water bodies throughout the bloom development, even
without cell lysis, the use of advanced water treatment process is a requirement to face
the challenge of removing CYN, or any other extracellular cyanotoxin, in drinking water
treatment.

In this context, advanced oxidative processes (AOPs) emerged as an important alter-
native to the effective removal and degradation of cyanotoxins in water treatment. These
AOPS are based on the in situ generation of powerful and non-selective chemical oxidants
such as hydroxyl and sulfate radicals, capable of reacting with a wide range of organic and
inorganic pollutants.

Various AOPs can be applied to cyanotoxins removal from water, including O3, O3/UV,
H2O2/UV, Fenton, photo-Fenton, electro-Fenton, and Fenton-like processes. Among them,
the Fenton process is one of the most cost-effective [32–35] and has been gaining some
attention due to its high performance, simplicity, short reaction times, and the lack of
toxicity of the easy-to-handle reagents H2O2 and Fe(II) [36–39]. The advantages of the
Fenton process compared to other AOPs can make this process more suitable for scale-up,
especially in developing countries such as Brazil. In pre-existing water treatment plants,
the Fenton process and iron-based coagulation can be easily combined in a single rapid-mix
unit by adding H2O2.

In the Fenton process, the formation of hydroxyl radical involves several parallel
and series reactions (Equations (1) to (7)) [40,41] that can be represented by a global
reaction (Equation (8)) [42]. The kinetic rate constants for Equations (1) to (7) were reported
elsewhere [40,41,43–46].

Fe(II) + H2O2 → Fe (III) + •OH + OH− k ≈ 70 M−1s−1 (1)

Fe(III) + H2O2 → Fe(II) + HO•
2 + H+ k = 0.001–0.01 M−1s−1 (2)

•OH + H2O2 → HO•
2 + H2O k = 3.3 × 107 M−1s−1 (3)
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•OH + Fe(II) → Fe(III) + OH− k = 3.2 × 108 M−1s−1 (4)

Fe(III) + HO•
2 → Fe(II) + O2H+ k ≤ 2 × 103 M−1s−1 (5)

Fe(II) + HO•
2 + H+ → Fe(III) + H2O2 k = 1.2 × 106 M−1s−1 (6)

2HO•
2 → H2O2 + O2 k = 8.3 × 105 M−1s−1 (7)

2Fe(II) + H2O2 + 2H+ → 2Fe(III) + 2H2O (8)

The degradation efficiency of the Fenton process depends on several parameters: pH,
reaction time, temperature, initial concentration of pollutant, as well as reagents dosage
and H2O2/Fe(II) molar ratio [47,48] since H2O2 and Fe(II) can also scavenge hydroxyl
radicals (Equations (3) and (4)) if their concentrations are not optimized. The reagents
dosage also reflects on the cost of the process and on the solids concentration, which can
increase the iron sludge production and impair further treatment steps or discharge when
high concentrations of Fe(II) are used [49].

Due to the potential to completely mineralize a variety of organic compounds, the
Fenton process has been extensively studied over the past few decades. Numerous studies
have been carried out applying the Fenton process for the removal of a diversity of pol-
lutants, including phenol [50–52], bisphenol A [53,54], persistent organic pollutants [55],
landfill leachate [56–58]. Concerning the removal of cyanotoxins, the studies have focused
on MCs achieving degradation efficiency ranging from 18 to 100% [36,59–63].

To the best of our knowledge, no previously published study focused on CYN degra-
dation by the traditional Fenton process. Only recently, however, few studies concerning
the CYN oxidation by Fenton-like processes are available and reported a CYN degrada-
tion efficiency of around 90% [64,65]. The high CYN degradation efficiency obtained by
using Fenton-like processes (Equation (2)), which are generally slower than Fenton process
(Equation (1)), shows the promising potential for the CYN degradation by Fenton process.
Additionally, the uracil ring, which is critical to CYN toxicity [66], is very susceptible
to oxidation by hydroxyl radical [67,68]. Thus, the present study aimed to evaluate the
oxidation (degradation) of CYN using Fenton process, at bench-scale, with emphasis on
the effects of H2O2/Fe(II) molar ratio and the initial concentrations of H2O2 and Fe (II) on
this cyanotoxin oxidation efficiency as well as the oxidation kinetics.

2. Results and Discussion
2.1. The Effect of H2O2/Fe(II) Molar Ration on CYN Degradation

As pointed out in the Materials and Methods (Section 4.1), two sets of experiments
were carried out to evaluate the effect of H2O2/Fe(II) molar ratio on the CYN degradation.
In the first set, the initial H2O2 concentration was kept constant at 25 µM; and, in the
second one the initial Fe(II) concentration was kept constant at 25 µM. Figure 1 presents
the average results of the two sets.

The highest CYN degradation efficiency of 81% was achieved with an H2O2/Fe(II)
molar ratio of 0.4 in the first set of experiments (Figure 1a) and 65% with H2O2/Fe(II)
molar ratio of 1.0 in the second set of experiments. The effect of H2O2/Fe(II) molar ratio
on the CYN oxidation presents a similar behavior in both sets of experiments, although
the difference in the optimum H2O2/Fe(II) molar ratio. Regarding the blank synthetic
water used to evaluate the degradation of CYN over the reaction time in the absence of
Fenton reagents, less than 5% of CYN degradation was observed as expected because CYN
standard is relatively stable in ultrapure water [20].

Comparing the CYN degradation efficiency at H2O2/Fe(II) molar ratio of 0.4 in the two
sets of experiments, the lower degradation of 58% observed in the second set (Figure 1b)
can be explained by the initial H2O2 and Fe(II) concentrations, which were 2.5 times lower
in the second set than in the first set of experiments (see Figure 5). Additionally, comparing
the relative residual Fenton reagents, while the relative residual H2O2 was approximately
similar in both sets of experiments, the relative residual Fe(II) was at least two times lower
in the first set (Figure 1b) than in the second set (Figure 1a), indicating that the increase in
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the Fenton reagents, especially Fe(II), increased the hydroxyl radical scavenging activity
(see Equation (4)) and consequently the Fe(II) consumption.
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Figure 1. Relative residual concentration (C/C0) of CYN, H2O2 and Fe(II) for various H2O2/Fe(II) molar ratios. (a) First set
of experiments conducted with initial H2O2 concentration of 25 µM and initial Fe(II) concentrations from 6.25 to 62.5 µM.
(b) Second set of experiments conducted with initial Fe(II) concentration of 25 µM and initial H2O2 concentrations from 10
to 100 µM. (Initial CYN concentration ≈ 0.05 µM; initial pH = 5.0 ± 0.1; reaction time = 30 min. The values are averages of
three replicates, and error bars indicate the standard deviation).

The increase of the initial Fe(II) concentration may have led to a reduction in final
pH as the hydrolysis of Fe(III) yielded in the Fenton reaction (Equation (1)) contributes
to water acidification [69] (Figure 2a). The final pH at H2O2/Fe(II) molar ratio of 0.4 was
lower in the first set of experiments (Figure 2a) than in the second set (Figure 2b). As
higher degradation efficiencies of the Fenton process were reported at acidic conditions
(pH values between 3 and 4) [61,70,71], the lowest final pH observed in the first set of
experiments might have increased hydroxyl radical generation and consequently the CYN
oxidation.
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Figure 2. pH-time profile during Fenton oxidation under different H2O2/Fe(II) molar ratios. (a) The first set of experiments
was conducted with initial H2O2 concentration of 25 µM and initial Fe(II) concentrations from 6.25 to 62.5 µM. (b) The
second set of experiments was conducted with initial Fe(II) concentration of 25 µM and initial H2O2 concentrations from 10
to 100 µM. (The values presented are averages of three replicates, and error bars indicate the standard deviation).
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As can be seen in Figure 1, the degradation efficiency of CYN decreased when H2O2/Fe(II)
molar ratio increased from 0.4 to 1.6 and remained constant at higher H2O2/Fe(II) ratios. The
observed reduction in the degradation efficiency of CYN may be explained by the scav-
enging of hydroxyl radicals by the excess H2O2 (see Equation (3)) since the residual CYN
concentrations showed a similar trend as the residual H2O2. Furthermore, the scavenging
of hydroxyl radicals by H2O2 leads to the generation of hydroperoxyl radical that has a
lower oxidation potential, 1.7 V (SHE), than the hydroxyl radical, 2.8 V (SHE) [72].

Concerning the high percentage of residual H2O2 (from 50 to 69%) and the low per-
centage of residual Fe(II) (from 1 to 9%) at H2O2/Fe(II) molar ratios above 1.0, higher
degradation efficiency could be achieved over a long time since the regeneration of
Fe(II) can be accomplished by residual H2O2 by the Fenton-like reaction (Equation (2)).
However, the Fenton-like reaction is very slow (second-order rate constant of 0.001 to
0.01 M−1 s−1 [44]) in comparison with the Fenton main reaction (second-order rate con-
stant of 70 M−1 s−1 [43]), Equation (1).

Despite the high reactivity of hydroxyl radical with Fe(II) in comparison with H2O2,
with second-order rate constants respectively of 3.2 × 108 and 3.3 × 107 M−1 s−1 [45],
low H2O2/Fe(II) molar ratios resulted in higher CYN degradation. However, the optimal
H2O2/Fe(II) molar ratios observed in this study are in accordance with the molar ratios
of the Fenton main (Equation (1)) and global (Equation (8)) reactions, which suggests
that H2O2/Fe(II) molar ratios less than or equal to 1 might favor the hydroxyl radical
generation. It must be emphasized that there is no consensus regarding the optimum
H2O2/Fe(II) molar ratio since it also depends on specific conditions such as pH and type
and concentration of pollutant. For MCs degradation by the Fenton process, the optimum
H2O2/Fe(II) molar ratio reported is in a range of 0.7 to 15 [36,59–61].

Based on the CYN oxidation efficiencies, the value of 0.4 obtained from the first set
of experiments was adopted as the optimum H2O2/Fe(II) molar ratio (25 µM H2O2 and
62.5 µM Fe(II)) for CYN degradation by the Fenton process for the conditions evaluated in
this study.

2.2. The Effect of Initial H2O2 and Fe(II) Concentration on CYN Degradation

The effect of initial Fenton reagents concentrations on CYN degradation was evaluated
at the optimal H2O2/Fe(II) molar ratio of 0.4 obtained from the first set of experiments in
Phase 1 with initial H2O2 and Fe(II) concentrations of 0.4, 1.0, and 2.0 times their optimal
concentrations (25 µM H2O2 and 62.5 µM Fe(II)). Figure 3 shows the relative residual
concentration (C/C0) of CYN, H2O2, and Fe(II) and the pH-time profile for various initial
concentrations of H2O2 and Fe(II).

The appropriate concentrations of H2O2 and Fe(II) are a key factor in enhancing the
efficiency of the Fenton process. The analysis of reagent blank synthetic water showed that
no significant CYN degradation (less than 10%) was observed at the highest concentrations
of Fenton reagents when tested alone, that is, 100 µM H2O2 alone and 125 µM Fe(II) alone.
Munoz and co-workers [64] also found no significant CYN degradation by heterogeneous
Fenton-like reagents (H2O2 and Fe3O4-R400) when tested independently.

On the other hand, the Fe(II) and H2O2 interaction can lead to higher CYN degradation,
even at low initial concentrations. As can be seen in Figure 3a, the CYN degradation was
49% with 10 µM H2O2 and 25 µM Fe(II), 81% with 25 µM H2O2 and 62.5 µM Fe(II), and
91% with 50 µM H2O2 and 125 µM Fe(II).

In addition, the relative residual H2O2 has remained almost constant, around 6%,
while the relative residual Fe(II) decreased from 76% to 21% when the initial Fe(II) concen-
tration increased from 25 to 125 µM (Figure 3a). As previously mentioned, this reduction
in the relative residual Fe(II) was probably caused by the oxidation of Fe(II) to Fe(III) by
hydroxyl radicals (Equation (4)).

Such behaviour suggests that, even at a fixed H2O2/Fe(II) molar ratio, the increase in
the Fenton reagents led to an increase in the hydroxyl radical scavenging activity that can
slow the rise in CYN degradation, as observed in Figure 3a. This explains why the increase
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from 25 µM H2O2 and 62.5 µM Fe(II) to 50 µM H2O2 and 125 µM Fe(II) only resulted in a
rise of 10% in the CYN degradation, suggesting an asymptotic trend. This trend indicates
that the CYN degradation by the Fenton process follows a reaction with an order greater
than zero as the different initial concentrations of Fenton reagents resulted in different
relative residual CYN after 30 min reaction (Figure 3).
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Figure 3. The effect of the Fenton reagent on CYN degradation by Fenton process at H2O2/Fe(II) molar ratio of
0.4. (a) relative residual concentration (C/C0) of CYN, H2O2, and Fe(II) and (b) pH-time profile. (Initial CYN
concentration ≈ 0.05 µM. The values are averages of three replicates, and error bars indicate the standard deviation).

Similarly, Park and co-workers [59], concerning the degradation of MC-LR by the
Fenton process, also observed that increasing the H2O2 and Fe(II) concentration at a
fixed H2O2/Fe(II) ratio increased the degradation efficiency until they reach a certain
concentration above which all degradation efficiency increases appear to be insignificant.

The increase of the initial Fe(II) concentration diminished the final pH of the solu-
tion (Figure 3b), as also observed in the first set of experiments in Phase 1 (Figure 2a). As
previously mentioned, acidic conditions may favour hydroxyl radical generation and conse-
quently CYN oxidation. Although the positive effect of the high initial Fe(II) concentration
on decreasing pH, the negative effect on hydroxyl radicals scavenging (Equation (4)) seems
more significant.

2.3. Kinetic Assessment

During the Fenton process, H2O2 reacts with Fe(II) to produce mainly hydroxyl
radical, hydroperoxyl radical and high-valent iron complexes, which can oxidize organic
and inorganic compounds [48,73].

In this study, the kinetic experiments were performed with excess Fenton reagents.
The H2O2 and Fe(II) concentrations at the optimal H2O2/Fe(II) molar ratio obtained from
Phase 1 were respectively 500 and 1250 times greater than the initial CYN concentration.
Due to the excess Fenton reagents, reaction order and rate constant were estimated from a
pseudo reaction. The fitting of the kinetic models to the experimental data of one replicate
is shown in Figure 4.

The kinetics parameters of the oxidation of CYN for each replicate are shown in
Table 1. As shown in Figure 4 and based on R2 (Table 1), CYN oxidation by the Fenton
process was best described by the pseudo-first-order kinetic model. The results obtained
from all three replicates showed a similar trend concerning fitting this kinetic model to the
experimental data.
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Figure 4. Linear plots and fitting of pseudo-zero-order (a), pseudo-first-order (b), pseudo-second-order (c) and pseudo-
third-order (d) kinetic models to the experimental data obtained from Replicate 2. (Initial CYN concentration ≈ 0.05 µM;
H2O2 = 25 µM; Fe(II) = 62.5 µM; initial pH 5.0 ± 0.1; 30 min reaction).

Table 1. Kinetics parameters of CYN oxidation by Fenton process. (Initial CYN concentration ≈ 0.05 µM; H2O2 = 25 µM;
Fe(II) = 62.5 µM; initial pH 5.0 ± 0.1; 30 min reaction).

Kinetic
Model

Replicate 1 Replicate 2 b Replicate 3 Average

k a T1/2
(min) R2 k a T1/2

(min) R2 k a T1/2
(min) R2 k a T1/2

(min) R2

Zero 1.925 × 10−11 19.1 0.76 1.987 × 10−11 19.7 0.87 3.799 × 10−11 11.9 0.90 2.570 × 10−11 16.9 0.84
First 1.007 × 10−3 11.5 0.80 0.813 × 10−3 14.2 0.90 1.879 × 10−3 6.1 0.98 1.233 × 10−3 10.6 0.89

Second 6.435 × 104 5.9 0.73 3.748 × 104 9.5 0.87 13.390 × 104 2.3 0.87 7.858 × 104 5.9 0.82
Third 4.978 × 1012 2.6 0.60 1.934 × 1012 5.9 0.79 13.460 × 1012 0.6 0.72 9.219 × 1012 3.0 0.70

a k is the apparent pseudo-zero-order rate constant (M s−1), pseudo-first-order rate constant (s−1), pseudo-second-order rate
constant (M−1 s−1), pseudo-third-order rate constant (M−2 s−1); b data showed in Figure 4.

As previously mentioned, to the best of our knowledge, no studies evaluating the
CYN oxidation by Fenton process were published until the present. However, the oxidation
of CYN and also MC-RR, MC-LR, anatoxin-a, and saxitoxin by heterogeneous Fenton-like
process (H2O2/Fe3O4-R400) was reported by Munoz and co-workers [64]. The authors
studied the oxidation of 1.2 µM of CYN, and 0.5 µM of MC-RR diluted in deionized water
at pH 5 and with excess Fenton reagents (58.8 µM of H2O2 for CYN, 75.0 µM of H2O2
for MC-RR and fixed Fe3O4-R400 concentration of 863.8 µM). Under these conditions,
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the apparent pseudo-first-order rate constants of 7.4167 s−1 for CYN and 10.0167 s−1 for
MC-RR were obtained.

The rate constant for CYN obtained by Munoz and co-workers [64] is significantly
higher than that obtained herein (1.233 × 10−3 s−1, Table 1). Likewise, the rate constant for
MC-RR found by the same authors [64] is also considerably greater than that reported by
Zhong and co-workers (2.165 × 10−3 s−1) [61], who evaluated the degradation of 0.7 µM of
MC-RR diluted in deionized-distilled water at pH 3 and using an excess of Fenton reagents
(1500 µM of H2O2 and 100 µM of Fe(II)).

The results obtained by Munoz and co-workers [64] may be attributed to the nanocat-
alyst itself, which was specially designed and boosted for the heterogeneous Fenton-like
oxidation [74]. As nanocatalysts have high surface areas and low diffusional resistance,
they are more efficient than conventional heterogeneous catalysts [75].

The observed differences in the apparent pseudo-first-order rate constants reflect
the different radical generations in each process. It should be pointed out that higher
apparent rate constants may indicate higher hydroxyl radical concentration since the
hydroxyl radical concentration is incorporated in the apparent rate constant and/or higher
susceptibility to hydroxyl radical oxidation.

Despite these differences, the apparent rate constant for CYN degradation found in
the present study is in the same order of magnitude as that (4 × 10−3 s−1) reported by
Chen and co-workers [67] obtained by using UV-TiO2 photocatalysis under the following
conditions: 2.4 µM of initial CYN, 313 µM of TiO2, O2 saturation, and 350 nm irradiation
with an intensity of about 1.12 × 1016 photons s−1 cm−3.

3. Summary and Conclusions

The degradation of CYN standard in ultrapure water was investigated by means of
the Fenton process. The results showed that the CYN removal increased as the H2O2/Fe(II)
molar ratio decreased. Within the range of H2O2/Fe(II) molar ratio tested (0.4 to 4.0), the
highest CYN degradation of 81% was obtained when H2O2/Fe(II) molar ratio was 0.4
(25 µM H2O2 and 62.5 µM Fe(II)).

The increase of the dosage of Fenton reagents (50 µM H2O2 and 125 µM Fe(II)) at
the optimal H2O2/Fe(II) molar ratio of 0.4 resulted in an increase of the CYN oxidation
efficiency to 91%. The CYN oxidation by the Fenton process followed a pseudo-first-order
kinetic model with an apparent rate constant of 1.233 × 10−3 s−1.

Based on the results herein obtained, the Fenton process was effective for the removal
of CYN from ultrapure water. Thus, the Fenton process seems to be a promising alternative
for the CYN removal in drinking water treatment that could be easily implemented in full-
scale worldwide since Fenton process is quite simple and highly cost-effective. However,
further studies are necessary to evaluate matrix effects and analyze the feasibility and
applicability of the Fenton process to treat natural water with high concentrations of CYN
and much higher concentrations of hydroxyl radical scavenging compounds such as natural
organic matter.

4. Materials and Methods
4.1. Chemicals

Cylindrospermopsin standard (purity > 95%) was purchased from Eurofins/Abraxis
(Eurofins/Abraxis, Warminster, PA, USA). Methanol (99.9% HPLC grade), Ferrozine (97%),
and peroxidase from horseradish (type II) were obtained from Sigma-Aldrich (Sigma-
Aldrich, São Paulo, SP, Brazil). Acetic acid glacial (99.7% HPLC grade) was purchased
from J.T Baker (J. T. Baker, Brazil). Hydroxylamine hydrochloride (96%) and ammonium
hydroxide (27% v/v) were purchased from Synth (Synth, Diadema, SP, Brazil). Ammonium
acetate (97%), N,N-Diethyl-p-phenylenediamine sulfate salt (98%), sodium phosphate
dibasic (98%), sodium phosphate monobasic (98%), and hydrogen peroxide (35% v/v)
were obtained from Neon (Neon, Suzano, SP, Brazil). Sodium sulfite (98%), sulfuric acid
(98% v/v), hydrochloric acid (36.5% v/v), iron (II) sulfate heptahydrate (99%) and iron
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(III) chloride hexahydrate (97%) were purchased from Dinâmica (Dinâmica, Indaiatuba,
SP, Brazil).

All solutions used in the experiments were prepared using ultrapure water (Milli-Q
Reference water purification system, C79625, Merck Millipore, Darmstadt, Hesse, Germany).

4.2. Experimental Setup

Fenton experiments were performed in 250 or 500 mL borosilicate glass beaker batch
reactors at room temperature (23 to 25 ◦C). The oxidation experiments were carried out
with a CYN solution with initial concentration (C0) of 0.05 µM prepared by diluting a CYN
stock solution (0.12 µM) with ultrapure water. This solution will be referred to as “synthetic
water”. Oxidation reactions were started by adding to the synthetic water predetermined
amounts of Fe(II), immediately followed by the addition of H2O2, under vigorous magnetic
stirring. After the desired reaction time, a sodium sulfite solution (2 times stoichiometric
excess of Na2SO3 to H2O2 [76]) was added to quench the residual H2O2, stopping the
generation of hydroxyl radicals. The Fe(II), H2O2, and sodium sulfite stock solutions were
always prepared fresh.

All of the experiments were carried out in triplicates. The synthetic water initial pH
was adjusted to 5.0 ± 0.1 with 50 mM H2SO4 and measured with a pH probe (Scientific
Orion 3 Star portable pH meter, Thermo Fisher Scientific, Waltham, MA, USA).

The experimental setup can be divided into three phases (Figure 5).

 

−

Figure 5. Flowchart of the experimental setup.

Phase 1 aimed to evaluate the effect of H2O2/Fe(II) molar ratio on the CYN degra-
dation after 30 min Fenton reaction. Seven H2O2/Fe(II) molar ratios (0.4, 1.0, 1.6, 2.2, 2.8,
3.4, and 4.0) were evaluated in two sets of experiments. In the first set, experiments were
conducted with a fixed initial H2O2 concentration of 25 µM with initial Fe(II) concentra-
tions ranging from 6.25 to 62.5 µM (see Phase 1 blue boxes in Figure 5). After that, similar
experiments were performed in the second set, keeping fixed the initial Fe(II) concentration
at 25 µM with initial H2O2 concentrations ranging from 10 to 100 µM (see Phase 1 orange
boxes in Figure 5). The optimal H2O2/Fe(II) molar ratio was chosen based on the highest
CYN degradation obtained from both sets of experiments. Additionally, In Phase 1, blank
synthetic water was used to evaluate the degradation of CYN over the reaction time in the
absence of Fenton reagents.

In Phase 2, experiments were conducted to evaluate the effect of the initial concentra-
tions of H2O2 and Fe(II) on CYN degradation after a 30 min reaction time. These oxidation
experiments were performed at initial concentrations of H2O2 and Fe(II) 0.4, 1, and 2 times
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the initial concentrations of the optimal H2O2/Fe(II) molar ratio obtained from Phase 1.
Additionally, in Phase 2, the degradation of CYN over the reaction time was also evaluated
using Fenton reagents (H2O2 and Fe(II)) separately at the highest concentrations tested in
this study.

In Phase 3, oxidation kinetics of CYN was investigated in Fenton experiments con-
ducted at the optimal H2O2/Fe(II) molar ratio as determined in Phase 1. Samples were
taken at time intervals of 0, 1, 2, 3, 4, 5, 7.5, 10, 15, 20, and 30 min.

4.3. Detection and Quantification of H2O2

The H2O2 concentration was measured using the horseradish peroxidase (POD)-
N,N-Diethyl-p-phenylenediamine (DPD) photometric method as described by Hahn and
co-workers [77]. Hydrogen peroxide was measured immediately after the reaction time,
withdrawing a sample from the reactor before adding the sodium sulfite solution.

In the analytical routine, a 13.5 mL aliquot of the oxidized synthetic water was trans-
ferred to a 50 mL beaker and, under magnetic stirring, 1.5 mL of a solution of 0.5 M
Na2HPO4 plus 0.5 M NaH2PO4 was added. Right after that, 25 µL of 38.12 mM DPD
solution (prepared in 50 mM H2SO4) and 25 µL of 100 units mL−1 POD were added. The
mixture was allowed to react for 40 s and then was transferred to a 5 cm path length quartz
cuvette cell. The absorbance was measured at a wavelength of 551 nm using a UV-Vis
spectrophotometer (DR 5000, Hach, Loveland, CO, USA).

For H2O2 quantification, a 6-point calibration curve encompassing H2O2 concentra-
tions over the range of 0 to 10.29 µM was used. Samples were diluted using ultrapure
water when their concentration was higher than the range of the calibration curve. The
limit of detection (LoD) of 0.06 µM was determined according to Eurachem guidelines [78].

4.4. Detection and Quantification of Fe(II) and Total Iron

The concentrations of Fe(II) and total iron were measured by the ferrozine photometric
method [79]. Similar to the hydrogen peroxide, residual Fe(II) and total iron were measured
immediately after the reaction time.

Initially, to quantify residual Fe(II), a 0.3 mL of a 10 mM ferrozine solution (prepared
in 0.1 M ammonium acetate) was added to a 2.7 mL sample of the oxidized synthetic water
to form the Fe(II)-ferrozine complex whose absorbance can be measured at a wavelength
of 562 nm using a UV-Vis spectrophotometer (DR 5000, Hach) employing 1 cm path length
quartz cuvette cell.

Following the analytical routine, to quantify the total iron present, 0.45 mL of 1.4 M
hydroxylamine hydrochloride (prepared in 2 M HCl) was added to a 2.4 mL aliquot of
Fe(II)-ferrozine complex solution in order to reduce the Fe(III) to Fe(II) species. This mixture
was allowed to react for ten minutes, and then 0.15 mL of 10 M ammonium acetate was
added, and the absorbance of the resultant solution was also measured at a wavelength of
562 nm. The Fe(III) concentration was calculated as the difference between total iron and
Fe(II) concentrations.

For Fe(II) and total iron quantifications, a 6-point calibration curve encompassing
Fe(III) concentrations over the range of 0 to 6.72 µM was used. Samples were diluted using
ultrapure water when their concentration was higher than the range of the calibration
curve. The LoD of 0.61 µM for Fe(II) and 0.64 µM for total iron were determined according
to Eurachem guidelines [78].

4.5. Detection and Quantification of CYN

Cylindrospermopsin was determined by high-performance liquid chromatography
(Agilent 1200 Series, Agilent Technologies, Palo Alto, CA, USA) coupled to mass spectrom-
etry (3200 QTRAP, Sciex, Toronto, ON, Canada) with an electrospray ion source operating
in the positive mode, using N2 as curtain (20 psi) and source gas (40 psi) under a capillary
spray voltage of 5 kV at 450 ◦C.
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Separation from matrix interferents was performed using a Kromasil 100-5 C18 column
(100 × 4.6 mm, 5 µm, Akzo Nobel, Bohus, Sweden), coupled to its corresponding guard
column (3.0 × 4.6 mm, 5 µm) at room temperature (19 to 21 ◦C), using 0.15% (v/v) acetic
acid solutions prepared in ultrapure water (A) and methanol (B) as mobile phase, at a flow
rate of 0.55 mL min−1. Gradient elution was achieved by increasing B from 10% (initial
condition) to 30% in 0.5 min, to 90% in 7.5 min, held B constant for 2 min, and returning
to the initial condition in 2 min. Under these conditions, CYN eluted at approximately
4.6 min.

For MS acquisition, a declustering potential of 56 V was applied to the orifice to
prevent the ions from clustering together. Multiple reaction monitoring (MRM) was
used for CYN detection and quantification through the monitoring of three precursor-to-
product ion transitions. The most intense one, at m/z 416.1 to 194.3 (43 eV CE), was used
for quantification, while transitions at m/z 416.1 to 336.1 (29 eV CE) and 416.1 to 176.2
(45 eV CE) were used for confirmation purposes.

Quantification was performed by external calibration using a 6-point analytical curve
encompassing CYN concentrations over the range of 2.41 nM to 0.12 µM. The LoD of
0.24 nM was determined according to Eurachem guidelines [78]. Since the LoD was quite
low, sample extraction and extract concentration were not necessary for quantification
of CYN.
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Abstract: The ZnO-based visible-LED photocatalytic degradation and mineralization of two typical
cyanotoxins, microcystin-LR (MC-LR), and anatoxin-A were examined. Al-doped ZnO nanoparticle
photocatalysts, in Al:Zn ratios between 0 and 5 at.%, were prepared via sol-gel method and exhaus-
tively characterized by X-ray diffraction, transmission electron microscopy, UV-vis diffuse reflectance
spectroscopy, photoluminescence spectroscopy, and nitrogen adsorption-desorption isotherms. With
both cyanotoxins, increasing the Al content enhances the degradation kinetics, hence the use of
nanoparticles with 5 at.% Al content (A5ZO). The dosage affected both cyanotoxins similarly, and the
photocatalytic degradation kinetics improved with photocatalyst concentrations between 0.5 and
1.0 g L−1. Nevertheless, the pH study revealed that the chemical state of a species decisively facili-
tates the mutual interaction of cyanotoxin and photocatalysts. A5ZO nanoparticles achieved better
outcomes than other photocatalysts to date, and after 180 min, the mineralization of anatoxin-A was
virtually complete in weak alkaline medium, whereas only 45% of MC-LR was in neutral conditions.
Moreover, photocatalyst reusability is clear for anatoxin-A, but it is adversely affected for MC-LR.

Keywords: cyanotoxins; microcystin-LR; anatoxin-(a); photocatalysis; ZnO-doped nanoparticles;
visible light; LEDs

Key Contribution: The efficient mineralization of cyanotoxins is proposed, using Al-doped ZnO
nanoparticles under visible-LED irradiation. Concerning photocatalytic performance, the Al-doped
ZnO nanoparticles are equal to, if not better than, the most competitive state-of-the-art photocatalysts
for cyanotoxin mineralization.

1. Introduction

Cyanobacteria are common prokaryotic photosynthetic inhabitants of bodies of water
worldwide that can survive in extreme environmental conditions and through dramatic
changes in salinity, temperature, desiccation, and irradiance [1,2]. Under favorable con-
ditions, cyanobacteria can achieve high rates of population density in water and thus
facilitate the formation of dense blooms that can significantly compromise water quality
(e.g., increase the turbidity of freshwater and change its odor and taste) [3–5]. Even so,
the greater threat to freshwater resources posed by cyanobacterial blooms is the formation
of cyanotoxins, which, in naturally occurring concentrations, are highly toxic to plants,
invertebrates, and vertebrates [6,7]. Because the ingestion of cyanotoxins generally causes
liver, digestive, and neurological diseases, their presence could make water too dangerous
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for recreational activities, drinking-water purification, fisheries, and, more broadly, human
health [1,2,8,9].

Cyanotoxins are typically classified as hepatotoxins (e.g., microcystin, nodularin,
and cylindrospermopsin), neurotoxins (e.g., anatoxin and saxitoxin), or dermatoxins
(e.g., aplysiatoxin), depending on their toxicological effects [1,2,8,10]. However, they
can also be classified according to their chemical composition—that is, as cyclic peptides
(e.g., microcystin and nodularin), alkaloids (e.g., cylindrospermopsin, anatoxin, and saxi-
toxin), or lipopolysaccharides (e.g., endotoxin). No exhaustive list of cyanotoxins exists,
however, and far more could be discovered, pending the identification of cyanobacterial sec-
ondary metabolites. Regardless of classification, cyanotoxins generally present a high risk
of illness and mortality and rank among the most lethal groups of known biotoxins [8–11].

In recent years, mounting evidence of increased cyanobacterial blooms and cyanotox-
ins worldwide has raised public awareness of their toxic effects on water use and water
quality. Research has shown that the increased prevalence, occurrence, and abundance
of cyanobacterial blooms, and, in turn, concentration of cyanotoxins in bodies of water
on a global scale, are driven by eutrophication, rising concentrations of atmospheric CO2,
and global warming, all of which stem from anthropogenic activities, especially climate
change [2,9,11,12]. Because more frequent and prolonged blooms are likely to occur world-
wide in the coming decades, the global context of the threat urges the development of
simple, low-cost strategies and technologies for detoxicating and degrading cyanotoxins
that can be readily implemented worldwide [2,9].

Although conventional water-treatment processes, such as coagulation, flocculation,
rapid sand filtration, sedimentation, and chlorination, can efficiently remove cyanobacteria
and low levels of various cyanotoxins, they cannot completely degrade some cyanotoxins
(e.g., anatoxin-A). In the past two decades, the relatively low efficiency of those methods
gave way to the use of advanced oxidation processes (AOPs) [9,13–16]. In general, AOPs
are based on the mineralization of organic pollutants by highly reactive and non-selective
species generated in situ (i.e., H2O2, ·OH, O2·−, and O3). Among the different species
generated, hydroxyl radicals are often considered to be the most important contributors to
water decontamination during AOPs [17,18]. As a testament to their versatility, AOPs can
generate such reactive species by accommodating various processes, especially radiation,
oxidation, and catalysis, and even their combination [9,13,14].

Of the various AOPs, heterogeneous photocatalysis, particularly when using TiO2-
based photocatalysts, has emerged as an efficient approach to degrading, and eventually
mineralizing, microcystins and cylindrospermopsin by using UV-light irradiation [9,12,13].
However, despite considerable efforts to improve TiO2’s photocatalytic performance in
mineralizing cyanotoxins under visible light or sunlight irradiation, usually via doping
or surface modification, such laboratory-scale research has rarely assessed the integra-
tion of the photocatalysts into photocatalytic reactors [19]. On top of that, few studies
have involved investigating the photocatalytic degradation of other cyanotoxins, such as
anatoxin-A, or the use of alternative, inexpensive sources of light [9,13,20,21]. Importantly,
it is clear that photocatalysis does not seem to be the most appropriate way to remove cyan-
otoxins from a body of water (e.g., reservoirs, lakes, and ponds), but it may be especially
relevant for treating water that contains cyanotoxins (and other organic contaminants),
which is destined for human, animal, or industrial use.

Research in the future may face formidable challenges with improving the economic,
practical, engineering, and environmental quality of full-scale applications that can promote
the use of photocatalysis in water-treatment processes [9]. Whereas solar light, despite its
advantages, entails the complexity of designing efficient solar photocatalytic reactors and,
beyond that, using solar light, a smarter way to facilitate photocatalytic reactor design for
full-scale plants could be by using light-emitting diodes (LEDs) as a light source. LEDs are
characterized by low energy consumption, which, in turn, reduces the energy consumption
of UV or visible lamps; they can also simplify photoreactor designs [9,13,22].
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In our study, a visible-light active Al-doped ZnO nanoparticle photocatalyst, synthe-
sized by following a facile, scalable sol–gel new method, was examined for how the Al:Zn
ratio affected its morphology, structure, and optoelectronic properties. The photocatalytic
activity of the Al-doped ZnO nanoparticle photocatalyst was evaluated according to its
photocatalytic degradation of microcystin-LR (MC-LR) and anatoxin-A, under visible-
LED irradiation, compared with the photocatalytic activity of ZnO and Al-doped ZnO
nanoparticles. The effects of the dosage of photocatalyst and the solution’s pH were also
investigated, as were its reusability and chemical and photochemical stability.

2. Results and Discussion

Al-doped ZnO photocatalysts, all synthesized via the sol-gel method, were labeled
A0ZO, A1ZO, A3ZO, and A5ZO for Al:Zn atomic ratios of 0%, 1%, 3%, and 5%, respectively.
The synthesized materials were characterized by X-ray diffraction (XRD), transmission
electron microscopy (TEM), UV-vis diffuse reflectance spectroscopy, photoluminescence
(PL) spectroscopy, and nitrogen adsorption-desorption isotherms.

2.1. Characterization of Photocatalysts
2.1.1. Microstructural and Morphological Characterization

The diffractogram in Figure 1 illustrates the XRD patterns of Al-doped ZnO (AZO)
nanoparticles annealed at 400 ◦C and their numerous diffraction peaks. As shown, all
peaks had different intensities, which could indicate anisotropic growth. Notably, the
peaks corresponded to a reticular plane of (100), (002), (101), (102), (110), (103), (200), (112),
and (201) in ZnO’s hexagonal structure, with space group P63mc, according to JCPDS no.
01-073-8765. The calculated lattice parameters values (a,c), the concluded unit cell volume
(V), the average sizes of the crystallites (D), the micro-deformations (ε), and the dislocation
densities (δ) are presented in Table 1 [23–26]. Among other results, the smaller average size
(D) and higher dislocation density (δ) of A1ZO indicate its relatively high concentration
of structural defects. Structural defects can improve the photocatalytic performance of
ZnO-based photocatalysts.

ε − δ − −

Figure 1. X-ray diffraction patterns of (a) A0ZO, (b) A1ZO, (c) A3ZO, and (d) A5ZO nanopowders with Williamson-Hall
plots (inset).
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Table 1. Structural parameters of the AZO samples.

a (Å) c (Å) V (Å3) DW-H (nm) DTEM (nm) ε (10−4) δ (10−3 Line × nm−2)

A0ZO 3.244 5.195 47.338 52 39 9.1 81
A1ZO 3.246 5.201 47.465 32 33 12.0 174
A3ZO 3.245 5.200 47.431 66 43 16.5 116
A5ZO 3.245 5.199 47.423 69 48 22.2 148

The distribution of the AZO samples prepared by the sol-gel method by shape and
particle size appears in multiple TEM images in Figure 2. Pure ZnO nanoparticles were
widely distributed in terms of size and irregularly in shape. Doping ZnO with Al, by
comparison, produced smaller nanoparticles. Low doping with Al appeared to reduce the
size of particles, while higher loadings generated not only more of the small nanoparticles
but also nanoparticles greater than 60 nm in size. The small particles were likely derived
from the presence of secondary phases formed during heterogeneous nucleation and the
accompanying spontaneous increase in the grain area [27]. For comparison’s sake, Table 1
lists the average particle sizes of AZO samples estimated by TEM images. On average,
particles in the sample, with low doping (i.e., A1ZO), were smaller than the ones in the
pure ZnO samples and the samples with high doping (i.e., A3ZO and A5ZO).

α ν

Figure 2. Transmission electron microscopic images and grain sizes distribution of (a) A0ZO, (b) A1ZO, (c) A3ZO, and (d)
A5ZO nanopowders. Scale bar: 50 nm.

The surface area of pure ZnO and Al-doped ZnO nanopowders was investigated by
the BET measurements. The surface areas of pure ZnO was found to be 11.8 m2/g. The
surface area increased to 16.6, 19.2, and 17.8 m2/g when ZnO was doped with 1, 3, and
5 at.% of Al, respectively. The increase in surface area could be accounted for by the change
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of size of the particles. A similar increase in surface areas was observed in other studies
involving doping on ZnO with aluminum.

2.1.2. Optoelectronic Characterization

The UV-vis absorption spectra of ZnO and AZO are depicted in Figure 3a. Not only
were the edge values of AZO nanoparticles blue-shifted relative to ZnO nanoparticles,
but absorbance in the visible region had improved primarily due to deep levels in ZnO’s
bandgap created by the increased concentration of defects. The bandgaps of ZnO and AZO,
determined with an (α h ν)2 plot as a function of photon energy, revealed that higher Al
concentrations coincided with lower bandgap energies, which fell from 3.22 to 2.99 eV.

 

−

Figure 3. (a) UV-Vis DRS absorption spectra in diffuse reflectance spectroscopy and (b) photoluminescence spectra of ZnO
and Al-doped ZnO nanoparticles at room temperature.

The PL spectra of the pure and Al-doped ZnO nanopowders appear in Figure 3b. The
spectrum of the reference sample (i.e., pure ZnO) showed two bands: a narrow one at
380 nm of UV emission and a wide one of visible emission at 552 nm. UV emission was
used to refer to band-to-band emissions, while PL emissions in the visible-light range were
based on emissions attributed to inter-band defects. As such, the wide visible band was
attributed to several intrinsic defects, including interstitial zinc (Zni), oxygen vacancies
(Vo), and oxygen antisites (OZn), present in the ZnO’s structure [28,29].

Beyond that, the PL emission spectra of the Al-doped ZnO samples and pure ZnO
samples differed in appearance. As the intensity of the green emission band gradually
disappeared, the 380 nm’s emission band increased in intensity. In addition, a new band
centered at 437 nm appeared, which we attributed to the blue emission, possibly from
intrinsic defects and/or from the recombination of the donor-acceptor pair linked to the
acceptor Al. Altogether, our results suggest that, as Al content increased, so did the
intensity of the blue band, whereas the green band’s intensity dropped [30].

2.2. Photocatalytic Degradation of Cyanotoxins

The photocatalytic activity of ZnO and AZO nanoparticle photocatalysts was evalu-
ated in terms of the photocatalytic degradation of MC-LR and anatoxin-A under visible-
LED irradiation at pH 7.0. As shown in Figure 4a,b, the photolytic degradation of both
cyanotoxins was negligible during 80 min of visible-LED irradiation. Prior to investi-
gating the photocatalytic degradation of the cyanotoxins, the time required to attain the
adsorption-desorption equilibrium was determined in dark conditions for both the ZnO
and AZO nanoparticle photocatalysts. After 60 min, the adsorption-desorption equilib-
rium was reached for all of the photocatalysts. Thus, only 5 ± 1% and 3 ± 1% of MC-LR
and anatoxin-A, respectively, could be adsorbed by ZnO and AZO nanoparticles in dark
conditions.
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Figure 4. Photocatalytic activity of ZnO and AZO nanoparticle photocatalysts (photocatalyst dosage = 0.5 g L−1) in the
photocatalytic degradation of (a) microcystin-LR (MC-LR) and (b) anatoxin-A under visible light-emitting diode (LED)
irradiation at pH 7.0 and 20 ◦C. Effect of A5ZO photocatalyst dosage on the photocatalytic degradation of (c) MC-LR and
(d) anatoxin-A under visible LED irradiation at pH 7.0 and 20 ◦C. Effect of pH of A5ZO photocatalyst (0.5 g L−1) on the
photocatalytic degradation of (e) MC-LR and (f) anatoxin-A under visible LED irradiation at 20 ◦C. Error bars indicate
standard deviations of the four replicated experiments.

As shown in Figure 4a,b, pure ZnO nanoparticles exhibited the least efficiency in re-
moving MC-LR and anatoxin-A—only approximately 24 ± 3% and 10 ± 2%, respectively—
within 80 min. Moreover, as also shown in Figure 4, as Al doping increased, the photocat-
alytic degradation achieved by AZO nanoparticles with MC-LR and anatoxin-A increased
from 61 ± 2% to 98 ± 2% and from 23 ± 2% to 54 ± 1%, respectively, probably due to the
improved surface area and enhanced visible-light absorption. Al doping enhanced the pho-
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tocatalytic performance in the samples, and, for that reason, A5ZO displayed the highest
degradation efficiency (i.e., approximately 98 ± 2% and 54 ± 1% for MC-LR and anatoxin-
A, respectively) under the same conditions. The effects of the dosage of photocatalyst and
the solution’s pH were investigated for the A5ZO nanoparticle photocatalyst only.

The effects the dosage of photocatalyst on the photocatalytic degradation of MC-LR
and anatoxin-A under visible LED illumination were systematically assessed by altering the
catalyst loading from 0.25 to 1.0 g L−1, with all other parameters unchanged. As shown in
Figure 4c,d, the photocatalytic degradation of both cyanotoxins increased as the dosage of
photocatalyst rose from 0.25 to 0.5 g L−1 but less so from 0.5 to 1.0 g L−1. In turn, increases
in dosage further decreased the degradation rate of both cyanotoxins. In that dynamic,
increasing the dosage of the photocatalyst creates more sites for actively adsorbing both
cyanotoxins and generates highly reactive radicals, which together translate into an increase
in photocatalytic degradation. At the same time, high dosages of photocatalysts (>1.0 g L−1)
hinder the penetration of visible light and can induce the agglomeration of nanoparticles,
which together translate into a reduced rate of photocatalytic degradation. Thus, the optimal
dosage for enhanced photocatalytic activity was found to range from 0.5 to 1.0 g L−1.

The effect of pH on the photocatalytic degradation of MC-LR and anatoxin-A was
assessed in the pH ranges of 3.0 to 10.0 (Figure 4e,f). As is well-known, because the pH of
reaction media controls the surface-charge properties of photocatalysts and the speciation
of cyanotoxins, it plays a pivotal role in the adsorption and photocatalytic degradation of
cyanotoxins. In our study, the isoelectric points of ZnO and A5ZO were identified to be
pH 8.8 and pH 9.0, respectively. Such findings suggest that, when the pH is less than the
isoelectric point, the surface is positively charged; when the pH equals the isoelectric point,
the surface is neutral; and when the pH is greater than the isoelectric point, the surface
is negatively charged. By comparison, MC-LR was positively charged when the pH was
less than 2.09 neutral when the pH ranged between 2.09 and 2.19, and negatively charged
when the pH was higher than 2.19 [9]. However, anatoxin-A, the dominant species of this
cyanotoxin, was neutral at a pH less than 9.36 [9].

As shown in Figure 4e, the photocatalytic degradation of MC-LR was higher and
virtually identical after 80 min of visible-LED irradiation at pH 3.0 to 7.0, when the photo-
catalyst surface was positively charged and the dominant species of MC-LR in the reactant
media was negatively charged. As expected, further increases in pH translated into less
photocatalytic degradation when both the photocatalyst’s surface and the cyanotoxins
were negatively charged, which promoted the electrostatic repulsion, while hindering the
interaction between both entities. By contrast, the maximum photocatalytic degradation of
anatoxin-A occurred at pH 9.0 (i.e., 99.8 ± 0.2%) to 10.0 (i.e., 99.6 ± 0.4%), when A5ZO was
negatively charged and anatoxin-A was neutral (Figure 4f). At a pH lower than 9.0, because
both A5ZO and anatoxin-A were negatively charged, the interaction between the entities
was unfavorable, which effectively reduced the efficiency of photocatalytic degradation.
Taken together, it is well-known that acidic media are not optimal for ZnO, because they
affect the photocatalyst’s stability as a result of ZnO’s dissolution. However, in the presence
of cyanobacterial blooms, the pH of bodies of water increases and can exceed 8.0, due to
the consumption of dissolved CO2. Thus, the photocatalytic degradation of cyanotoxins is
necessary and has to be efficient at pH levels close to neutral or slightly alkaline [9].

The aim of treating water photocatalytically is to completely mineralize pollutants—in
our case, cyanotoxins. The photocatalytic degradation of MC-LR and anatoxin-A produces
numerous organic intermediates as they mineralize [9,31–34]. As shown in Figure 5, the
mineralization of MC-LR after 180 min of visible-LED irradiation was less than 50% of
the theoretical amount expected for complete mineralization at pH ≤ 7.0. In the case of
anatoxin-A, practically complete mineralization occurred at pH ≥ 9.0 after 180 min of
visible-LED irradiation. Such results imply that the mechanism of MC-LR’s degradation
is more complex than the one proposed for anatoxin-A. The complete mineralization of
both cyanotoxins was confirmed after 380 min of visible-LED irradiation. At the same
time, the reported values are highly competitive with outcomes achieved with state-
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of-the-art photocatalytic techniques for mineralizing cyanotoxins [9,12,13,31,35–37]. By
contrast, most studies on the photocatalytic degradation of cyanotoxins have not involved
analyzing mineralization but only the degradation of the initial cyanotoxins, often without
considering that some by-products and/or intermediates could be as harmful as the
cyanotoxins [9,12,13,31,35–37].

−

Figure 5. Mineralization (180 min) as a function of pH for AZO nanoparticle photocatalysts (photocatalyst dosage = 0.5 g L−1)
of (a) microcystin-LR and (b) anatoxin-A under visible-light-emitting-diode irradiation at 20 ◦C. Error bars indicate standard
deviations of the four replicated experiments.

It is significant that the cost associated with the photocatalytic treatment of cyan-
otoxins (or organic pollutants in general) is typically translated directly to the energy
consumption, which is closely related to the wattage of the lamp. Therefore, the use of
visible-LED irradiation should reduce the energy consumption versus conventional light
sources. However, large-scale experiments, incorporation of photocatalysts in reactors,
photocatalytic reactor design, and water-matrix effects, among others, must be necessarily
considered to predict costs [9,38–41].

2.3. Photocatalyst Reusability

The reusability and stability of A5ZO nanoparticles in the degradation of MC-LR at
pH 7.0 and anatoxin-A at pH 9.0 were also investigated. Figure 6a shows the five consecu-
tive cyclic photocatalytic degradations of both cyanotoxins after 80 min irradiation under
visible LED. For MC-LR, the efficiency of photocatalytic degradation dropped significantly
after five cycles, possibly due to the adsorption of by-products formed during MC-LR’s
degradation, which results in photocatalyst poisoning. At pH 7.0, MC-LR’s mineralization
after 80 min of irradiation was less than 20 ± 2%. Conversely, the photocatalytic degrada-
tion of anatoxin-A was virtually constant during the 80 min of five consecutive cycles of
irradiation, as well as especially efficient (i.e., 98 ± 2%) with A5ZO. By contrast, at pH 9.0,
the mineralization of anatoxin-A after 80 min of visible-LED irradiation was approximately
67 ± 2%. The different mineralization rate of MC-LR at pH 7.0 and anatoxin-A at pH 9.0
seemed to affect the reusability of A5ZO, which was higher when the rate of mineralization
was greater.
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Figure 6. (a) Degradation of MC-LR at pH 7.0 and anatoxin-A at pH 9.0, in five consecutive reusability experiments with
A5ZO nanoparticle photocatalysts (photocatalyst dosage = 0.5 g L−1), after 80 min of visible light-emitting diode (LED)
irradiation at 20 ◦C. (b) Time-dependent concentration of Zn(II) ions from A5ZO at different pH levels during 40 h of
visible-LED irradiation at 20 ◦C. Error bars indicate standard deviations of the four replicated experiments.

The chemical and photochemical stability of A5ZO was also investigated by ana-
lyzing the Zn(II) and Al(III) released in aqueous media at different pH levels for 40 h of
visible-LED irradiation. ZnO’s well-known photocorrosive behavior occurs under UV
and visible-light irradiation, and at extreme pH values (i.e., 2.0 < pH > 10.0), ZnO even
dissolves, which of course defeats its purpose in photocatalysis [39]. However, corrosion
and photocorrosion can be suppressed via surface modification or doping strategies. As
shown in Figure 6b, the corrosion and photocorrosion of A5ZO nanoparticles were minimal
in weak alkaline conditions and moderate at neutral pH. Importantly, no Al(III) species
in the aqueous medium were detected during the 40 h of visible-LED irradiation. Such
findings matter because cyanotoxins are usually generated in neutral or slightly alkaline
bodies of water. The findings also confirm the stability of synthesized A5ZO photocatalysts
in the photocatalytic degradation of cyanotoxins from natural bodies of water.

3. Conclusions

In search of a complementary economic gain relative to energy consumption, we
examined the photocatalytic activity of Al-doped ZnO nanoparticles in degrading and
mineralizing two cyanotoxins under visible-LED irradiation. The sol-gel method was found
to be as reproducible method of synthetizing well-defined Al-doped ZnO nanoparticles
with controlled percentages of Al, namely ranging from 0 to 5 at.%. Doping has a twofold
effect: It reducing bandgaps, thus widening the visible activity; and it minimizes deleterious
photocorrosion, that is, the easy photochemical dissolution of zinc oxide.

Increasing the dosage of photocatalyst in the solution did not exert a linear effect on
the photocatalytic activity. Upon having a certain amount of photocatalyst, photocatalytic
activity increased; however, similar behavior was observed from a threshold value as well
(0.5 g L−1). Considering that the easy agglomeration of the nanoparticles could have been
responsible, we pragmatically decided that a dose of 0.5 g L−1 could maximize efficacy
and save material.

Among other findings, the pH of the solution for mineralizing cyanotoxins was critical.
The optimal pH is the one that favors the interaction of the substrate and the photocatalyst,
which itself relates to the surface charge of the species. Because the pH value is responsible
for the molecule’s chemical form, and thus its electrical charge, the value of the isoelectric
point of the species proved critical as well. According to our results, the best pH value
for solutions for mineralizing anatoxin-A is 9.0, under which conditions mineralization
completed, and for MC-LR is pH 7.0, under which conditions the reaction yield became
balanced with the photocatalyst’s chemical stability. The reusability of the photocatalysts
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also depended on the entities and reaction conditions. In any case, neutral or weak alkaline
media are best suited to avoiding the risk of the photocorrosion or dissolution of the
photocatalyst, as has been proven by controlling the release of Zn(II).

The results additionally show that the photocatalytic activity of the synthesized
photocatalysts was greater than that previously reported for degradation of cyanotoxins.
Even when mineralization remains incomplete, as was the case with MC-LR, degrading
a high percentage of any pollutant benefits the environment, because the intermediate-
reaction products exert lower harmful effects on water.

4. Materials and Methods
4.1. Synthesis of Nanoparticles

Al-doped ZnO nanopowders were elaborated via the sol–gel method, as shown in
Scheme 1. We dissolved 16 g of zinc acetate dihydrate (Zn(CH3COO)2·2H2O; ≥99.0%,
Sigma-Aldrich) in 112 mL of methanol (99.8%, Sigma-Aldrich), which acted as solvent. The
solution was stirred for 10 min, at room temperature, after which we added an adequate
quantity of aluminum nitrate-9-hydrate (≥98%, Sigma-Aldrich) as a dopant precursor,
according to Al:Zn atomic ratios of 0%, 1%, 3%, and 5%. The obtained solutions were
stirred for 15 min and placed in an autoclave, to dry in the supercritical condition of ethyl
alcohol. Last, the synthesized powders were calcined for 2 h, using an air muffle furnace at
400 ◦C.
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≥
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Scheme 1. Synthesis of AZO nanoparticles by the sol-gel method.

4.2. Materials Characterization

The surface morphology, crystalline structure, and optical properties of ZnO-based
photocatalysts were investigated by TEM, XRD, and PL measurements. First, we studied
the microstructure of the samples by using an XRD machine (Bruker AXS D8 Advance,
MA, USA), at the wavelength of CuKα (i.e., 1.5405 Å). The network parameters (a,c) and
the unit cell volume (V) were determined by using the following equations [23,24]:

a =
λ√

3 sin θ(100)
(1)

c =
λ

sin θ(002)
(2)

V =

√
3

2
a2·c (3)

where λ is the wavelength of the radiation used (i.e., 1.54060 Å for CuKα) and θ is the Bragg
diffraction angle. The calculated lattice parameters values (a,c) and the concluded unit cell
volume (V) are presented in Table 1. The micro-deformations (ε) were estimated according
to the Williamson-Hall model [25]:

β cos θ =
kλ

D
+ 4 ε sin θ (4)
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The plot of (βcosθ) versus (4sinθ) for the ZnO nanopowder, as shown in Figure 1,
was fitted according to Equation (4). The D value was estimated from the slope of the
extrapolation of the linear fit, while the ε value was given by the fit slope. In addition, the
dislocation density (δ) was calculated by using the following relationship [26]:

δ =
15 ε

a D
(5)

Next, the shapes and sizes of the prepared nanoparticles were examined with a
transmission electron microscope (JEOL JEM 2010, Tokyo, Japan), an LaB6 electron gun that
operates at 200, which was equipped with a Gatan 794 MultiScan CCD camera used to view
the digital images. The Brunauer-Emmett-Teller (BET) surface area of each photocatalyst
was determined by using the N2 adsorption-desorption isotherms obtained at 77 K, using
a Micrometrics Tristar-II (Micrometrics, Canada). The UV-vis diffuse reflectance spectra
(DRS) were recorded by using a Lambda 900 UV spectrophotometer (PerkinElmer, Waltham,
MA, USA). Last, a NanoLog Horiba modular spectrofluorometer (Horiba, Kyoto, Japan)
used for PL measurements was equipped with an Xe lamp, as the excitation light source,
with a wavelength of 325 nm, at room temperature. Emissions were studied between 350
and 800 nm.

4.3. Photocatalytic Activity

To examine the photocatalytic activity of the Al-doped ZnO nanoparticles, the photo-
catalytic degradation of single-pollutant aqueous solutions of 1.25 mg L−1 MC-LR (Sigma-
Aldrich) and 2.5 mg L−1 (±)-anatoxin-A fumarate (Hello Bio Ltd., >99%) was observed
under irradiation from three 6.2 W LEDs (irradiance = 65 mW cm−2; energy consumption
= 7 kWh or 1000 h) for 80 min. The photocatalytic experiments were conducted in a quartz
dish reactor (volume = 40 mL, diameter = 10 cm) sealed with a quartz cover and cooled
with fans, to prevent the evaporation of the solution. All the experiments were performed
in quadruplicate. Different dosages of Al-doped ZnO nanoparticles (i.e., 0.25, 0.5, 0.75, and
1.0 g L−1) were ultrasonically (power = 5 W L−1; time = 60 s) suspended in the pollutant
solution, to determine the effect of the dosage of the photocatalyst. To examine the effect
of pH on the photocatalytic degradation of the cyanotoxins, the initial solution’s pH was
adjusted to 3.0, 5.0, 7.0, 9.0, and 10.0 with 0.1 M HCl or NaOH solutions. Before irradiation
commenced, the suspensions were magnetically stirred at 200 rpm, in dark conditions,
in the presence of each cyanotoxin, for 1 h, in order to achieve adsorption-desorption
equilibrium. Once achieved, the suspensions were irradiated with visible light by way of
continuous magnetic stirring. With the temperature maintained at 20 ◦C, samples (500 µL)
were taken at specified times and filtered through a syringe filter (0.02 µm, Whatman), to
separate the photocatalyst. The temporal photocatalytic degradation of cyanotoxins was
monitored by quantifying the reduction of the concentration of MC-LR and anatoxin-A,
using a high-performance liquid chromatograph (Agilent; Santa Clara, CA, USA) with a
photodiode array detector set at 238 nm and ultrahigh-performance liquid chromatography
(Thermo Fisher Scientific; Waltham, MA, USA), respectively.

To quantify MC-LR, a C18 Discovery HS column 150 mm by 2.1 mm i.d. for particles
5 µm in size (Supelco, Inc.; Bellefonte, PA, USA) was used for the stationary and mobile
phases; it consisted of 0.05% (v/v) trifluoroacetic acid in Milli-Q water and 0.05% trifluo-
roacetic acid in acetonitrile in a ratio of 60:40. Analysis was performed under equilibrium
conditions at a column temperature of 40 ◦C, a flow rate of 0.2 mL min−1, and an injec-
tion volume of 20 µL [40]. By contrast, to quantify anatoxin-A, a Kinetex HILIC column
measuring 100 mm by 2.1 mm i.d. for particles 2.6 µm in size (Phenomenex, Inc.; Basel,
Switzerland) was employed for the stationary phase, while the mobile phase consisted of
95% (v/v) acetonitrile +5% (v/v) aqueous solution (i.e., 2 mM ammonium formate +3.6 mM
formic acid) and an aqueous solution of 2 mM ammonium formate and 3.6 mM formic acid
in a ratio of 85:15 [12]. The analysis was performed under equilibrium conditions, with a
column temperature of 25 ◦C, a flow rate of 0.2 mL min−1, and an injection volume of 20 µL.
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Last, the mineralization of cyanotoxins was determined by comparing the reduction of
total organic content (TOC) after 180 min of visible LED irradiation, using a TOC analyzer
(Shimadzu; Nakagyo-ku, Kyoto, Japan). The photocatalytic experiments for each catalyst
were performed in quadruplicate.

4.4. Photocatalyst Reusability

To evaluate the reusability of the Al-doped ZnO nanoparticles, the photocatalytic
degradation of MC-LR (Sigma-Aldrich) and (±)-anatoxin-A fumarate was analyzed by
reusing the same photocatalyst sample, under the same reaction conditions, during five
consecutive 80 min irradiation cycles. For comparison, the photocatalytic degradation of
cyanotoxins was also determined by liquid chromatography after 80 min of visible LED
irradiation. After each experiment, the Al-doped nanoparticles were recuperated by cen-
trifugation, washed, and reused. Meanwhile, photostability was analyzed by quantifying
the time-dependent evolution concentration of Zn(II) ions in 40 mL Milli-Q water, under
visible LED irradiation for 8 h. The initial solution’s pH was adjusted to 3.0, 5.0, 7.0, 9.0,
and 10.0 with 0.1 M HCl or NaOH solutions. At different times during the 40 h period,
0.5 mL of irradiated solution was filtered through a syringe filter (0.02 µm, Whatman), to
separate the photocatalyst. The concentration of Zn(II) ions was determined spectropho-
tometrically by using Zincon monosodium salt (Sigma-Aldrich) in borate buffer (50 mM,
pH = 9) and measuring the absorbance associated with the Zn(II)-bound Zincon complex at
620 nm [42,43]. For those measurements, a UV-1800 Shimadzu UV-vis spectrophotometer
(Shimadzu; Japan), accompanied by a quartz cuvette with an optical length of 1 cm, was
used. The Al(III) concentration was determined by ICP–OES analysis. The dosage of
the photocatalyst for all experiments described in this section was set at 0.5 g L−1. The
reusability experiments were performed in quadruplicate.
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Abstract: The hepatotoxin microcystin-LR (MC-LR) represents one of the most toxic cyanotoxins for
human health. Considering its harmful effect, the World Health Organization recommended a limit in
drinking water (DW) of 1 µg L−1. Due to the ineffectiveness of conventional treatments present in DW
treatment plants against MC-LR, advanced oxidation processes (AOPs) are gaining interest due to the
high redox potential of the OH• radicals. In this work UV/H2O2 was applied to a real lake water to
remove MC-LR. The kinetics of the UV/H2O2 were compared with those of UV and H2O2 showing
the following result: UV/H2O2 > UV >H2O2. Within the range of H2O2 tested (0–0.9 mM), the results
showed that H2O2 concentration and the removal kinetics followed an increasing quadratic relation.
By increasing the initial concentration of H2O2, the consumption of oxidant also increased but, in
terms of MC-LR degraded for H2O2 dosed, the removal efficiency decreased. As the initial MC-LR
initial concentration increased, the removal kinetics increased up to a limit concentration (80 µg L−1)
in which the presence of high amounts of the toxin slowed down the process. Operating with UV
fluence lower than 950 mJ cm−2, UV alone minimized the specific energy consumption required.
UV/H2O2 (0.3 mM) and UV/H2O2 (0.9 mM) were the most advantageous combination when operating
with UV fluence of 950–1400 mJ cm−2 and higher than 1400 mJ cm−2, respectively.

Keywords: cyanobacteria; cyanotoxins; drinking water; AOPs; hydrogen peroxide; algal bloom;
microcystin-LR

Key Contribution: UV/H2O2 showed higher kinetics in free MC-LR removal and allowed it to
minimize the specific energy consumption operating with UV fluence higher than 950 mJ cm−2.

1. Introduction

Microcystin-LR (MC-LR) is a hepatotoxin produced by cyanobacteria such as Microcystis aeruginosa,
Planktothrix, Nostoc and Anabaea and represents one of the most common and most toxic cyanotoxins
for human health [1–3]. Cyanobacteria growth is enhanced in the presence of particular conditions
such as mild temperature of water (25–35 ◦C), low flow rates, high concentration of nitrogen and
phosphorous [4,5]. Therefore, lakes in areas with a temperate and warm climate represent a perfect
habitat for their growth.
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Cyanotoxins can interact and alter different parts of human metabolism with consequent effects on
health of varying severity. For example, all cyanobacteria genera can produced cyanotoxins belonging
to the group of Lipopolysaccharides, which have only a potential irritating effect on the tissues they
have come into contact with [6]. On the other hand, the microcystins and nodularins, belonging to the
group of cyclic peptides, have the liver as their main target of action being able to cross cell membranes
mainly through the bile acid transporter [2,6]. Several studies highlighted the effects on liver tissue in
humans exposed chronically to MC-LR [7–9].

The effect of microcystins was also studied by Zhou et al. [10]. They identified that the incidence
rate of colorectal cancer was significantly higher in the population who drank water with high
concentration of microcystins (e.g., river water) than those who drank tap water [10]. This harmful
effect on intestinal cells was also confirmed by subsequent studies [11]. Alosman et al. [12] also pointed
out that, aside the liver, MC-LR can cause also cardiogenic complications even if standardized animal
models would be needed before the cardiotoxicity of the toxin can be defined with certainty.

The ingestion/inhalation of contaminated water in recreation (e.g., watersports) and, above all, the
consumption of contaminated drinking water (DW) represent the main routes of exposure of humans
to the toxin [2,6]. The effects due to secondary exposure, such as those due to the presence of MC-LR in
plants and vegetables irrigated with water rich in toxins, are also being studied and quantified [13,14].

Considering the harmful effect of MC-LR revealed in literature results, the International Agency for
Research on Cancer (IARC) classified this cyanotoxin as possible carcinogenic to humans (Group 2B) [6].
Based on this classification, the World Health Organization (WHO) included the MC-LR within the
parameters to be monitored in DW, recommending a temporary limit of 1 µg L−1 for total MC-LR (free
plus cell-bound) [2]. The European Union implemented this recommendation by including the MC-LR
in the revision of the Drinking Water Directive in 2018, providing for a limit of 1 µg L−1 [15]. At the
current date (15 December 2020) the proposed revision of the directive has not yet been approved so
there is currently no unitary legislation at the European Union level about the presence of this toxin
in DW.

However, several EU countries where the presence of cyanotoxins within surface water bodies is
more widespread have already legislated on the matter providing national limits. For example, in 2012,
Italy introduced a limit of 1 µg L−1 as equivalent MC-LR referring to the sum of the concentrations of
the different microcystins congeners present in DW [16]. In France, in 2001 a decree set the limit of
1 µg L−1 for MC-LR in DW [17]. Instead, in 2007, this limit was referred to the sum of the microcystins
quantified in the sample [17,18].

Even some non-European countries promoted laws or guidelines in order to minimize the risks
for human health related to cyanobacteria and cyanotoxins in DW. For example, Canada established
legislative limits for DW, with a seasonal maximum acceptable concentration of 1.5 µg L−1 for
total microcystins [19], and provided a draft of guidelines for recreational water quality a maximum
acceptable concentration of 10 µg L−1 for total microcystins [20]. Australia has provided non-mandatory
guidelines suggesting that the concentration of total microcystins in DW should not exceed 1.3 µg L−1

expressed as microcystin-LR toxicity equivalents [21].
There are two possible approaches to address the problem of the presence of MC-LR in

waters: (i) remove the cyanobacteria that produce them or (ii) directly eliminate the free toxin [1].
The conventional treatments present in a drinking water treatment plant (DWTP; e.g., coagulation,
flocculation, sedimentation and filtration) allow one to implement the first of the two approaches [22–25].
However, these treatments are not able to remove the MC-LR already secreted by cyanobacteria and
present in the water in dissolved form [26]. On the contrary, adsorption on AC is confirmed to be a
viable solution for the removal of low molecular weight substances such as cyanotoxins in general and
specifically MC-LR [27–29].

Recently, even advanced oxidation processes (AOPs) are gaining interest in the removal of MC-LR
due to the high redox potential of the hydroxyl radicals (OH•) or sulfate radicals (SO4

•−) developed in
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the process, which allows one to overcome some limitations given by the limited oxidizing power of
other oxidizing agents towards MC-LR, such as H2O2 [30,31].

UV/H2O2 represents one of the AOPs. The main advantages are given by the absence of chemical
sludge production (as opposed for instance to the Fenton process [32]), by the absence of toxic DBPs
formation (unlike processes that involve chlorine and ozone [33–36]), and by the great ease of finding
the oxidants used (as opposed to processes involving the use of nanostructured metals [37]).

In literature, several examples of application of this process for the removal of MC-LR are reported.
UV lamps are used that emit at 254 nm of wavelength [38], close to the wavelength of maximum
absorption of the MC-LR (235–238 nm [38,39]) or at 268 nm of wavelength [40]. However, most of the
experiments involved the use of synthetic waters, thus only partially evaluating the combined effect of
the presence of scavenger substances in the process such as the carbonates. On the contrary, this paper
aims to evaluate the effectiveness of UV/H2O2 on a real lake water studying kinetics of free MC-LR
removal to understand the influence of UV fluence, H2O2 dosage and initial MC-LR concentration on
the process effectiveness. Moreover, the total specific energy consumption of UV/H2O2 for MC-LR
removal has been evaluated and compared with UV alone to find the optimal operational conditions.

2. Results and Discussion

2.1. Effect of the Oxidant

The effectiveness of the H2O2, UV and UV/H2O2 processes for MC-LR removal was investigated.
Figure 1 shows the degradation of MC-LR as a function of the UV fluence using different oxidants.

−1

−2

− (− (−

(≤0.3 mM), the increase of removal kinetics can be perfectly linearly fitted (
•

•

Figure 1. Degradation of MC-LR as a function of UV fluence in H2O2 alone, UV and UV/H2O2 processes.
The colored curves represent exponential decay curve fitting. Error bars represent the confidence
interval (n = 3). In case of the H2O2 alone treatment, the samples were taken at the time interval
corresponding to the same UV fluence of the other tests. Conditions: MC-LR0 = 50 µg L−1; pH = 7.5
and fluence rate = 0.2 mW cm−2.

H2O2 alone did not allow us to remove the toxin even with high contact time. This result is
confirmed by Liu et al. [40] who observed an almost absent removal of dissolved MC-LR (0.1 µM) using
H2O2 (0.1 mM) at pH nearly 7. On the contrary, the photolysis treatment with UV-C was found to be
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weakly effective in removing MC-LR (about 50%), with UV fluence equal to or lower than 1000 mJ cm−2.
The toxin removal enhanced to 80% using the maximum UV fluence tested (2000 mJ cm−2).

The UV/H2O2 combination ensured removal yields higher than 90% with UV fluence equal to
2000 mJ cm−2 and H2O2 concentration of 0.9 mM. This result can be attributed to the production of
OH• radicals capable of almost completely oxidizing the MC-LR due to their high redox potential [41].
He et al. [38] confirmed the higher effectiveness of UV/H2O2 with respect with UV alone, obtaining
more than 90% of MC-LR removal after 80 mJ cm−2 of fluence dose (H2O2: 1.76 mM) compared to
around 20% obtained with UV alone. On the contrary to He et al. study [38], in the present work, a
lower MC-LR removal was obtained using the same fluence dose, probably due to the higher initial
pH that may have favored the scavenging effect on OH• production [42].

2.2. Influence of H2O2 Dosage

The influence H2O2 dosage on the kinetics of MC-LR removal was studied. As shown in Figure A1
in the Appendix A, all results were well fitted by applying the first-order kinetics model to calculate
the MC-LR removal kinetic constants (Figure 2a and Table A1 in Appendix A). As already shown in
Figure 1, the H2O2 dosage generally allowed a better removal yield of the MC-LR. However, this result
appeared to be dependent on the concentration of H2O2 dosed in the reaction. In fact, the UV/H2O2

combination ensured an efficacy in removing the toxin directly proportional to the quantity of chemical
oxidant dosed. The half-life time (HLT) of the MC-LR was reduced from 64.2 (UV alone) to 57.8 min
(−10%), 52.5 min (−18%) and 41.3 min (−36%) in the case of UV/H2O2 (0.15 mM), UV/H2O2 (0.30 mM)
and UV/H2O2 (0.90 mM), respectively.

 

−1 −2

•

−1 −2
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Figure 2. (a) First-order kinetic constant (ktime) and half-life time (HLT) during degradation by UV
and UV/H2O2. (b) First-order kinetic constant (kfluence) as a function of the H2O2 dosage. Conditions:
MC-LR0 = 50 µg L−1; pH = 7.5; fluence rate = 0.2 mW cm−2 and n: number of data.

This relation was even more evident by comparing the apparent constant rate of the process
(expressed as kfluence) as a function of the H2O2 dosage. In Figure 2b it can be observed that, for low
dosages of H2O2 (≤0.3 mM), the increase of removal kinetics can be perfectly linearly fitted (R2 = 1).
The increase in the kinetics of MC-LR removal was attributable to the increase in OH• production due
to the initial higher concentration of H2O2 as already seen for anatoxin-a removal [43]. This result
is in agreement with He et al. [38] who studied MC-LR removal from synthetic DW using UV/H2O2.
They highlighted that, with initial H2O2 concentrations below 1 mM, the MC-LR degradation rate
constant seemed to increase proportionally with the chemical oxidant concentration following a linear
relation [38].

However, considering also a higher H2O2 dosages (0.9 mM), the best fitting has been obtained
with a quadratic function (R2 > 0.99). In fact, when the H2O2 concentration reached high level (1 mM
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for [38] or more than 3 mM for [42]), the production of OH• could be inhibited due to scavenging effect
and the removal of MC-LR could remain almost constant or decrease [38,42].

Compared to results obtained by He et al. [38] and Loaiza-González [44], in the present work,
lower removal kinetics were obtained using the same concentration of oxidizing agent. This could be
related with the presence in the real lake water of higher concentrations of carbonates (Table A3 in
Appendix A), which have a high scavenger effect, unlike chlorides and sulphates [38].

Furthermore, the amount of oxidant consumed in the UV/H2O2 process and the H2O2 efficiency
in removing MC-LR were evaluated. By increasing the initial concentration of H2O2, the consumption
of oxidant also increased (Figure 3a). This can explain the kinetics detailed in Figure 2b: for constant
UV fluence, higher H2O2 consumption means higher OH• production and therefore higher MC-LR
removal. However, as the H2O2 consumed increased, the removal efficiency of the MC-LR decreased,
in terms of MC-LR degraded for H2O2 dosed (Figure 3b). This result was also observed by m [45] in the
application of the UV/H2O2 for the removal of organic matter and it was attributed to the scavenging
effect of hydroxyl radicals that can limit the oxidative power of the process.

−1 −2

•
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Figure 3. (a) H2O2 consumption as a function of H2O2 dosage. (b) H2O2 efficiency as a function of
H2O2 consumption. Conditions: MC-LR0 = 50 µg L−1; pH = 7.5 and fluence rate = 0.2 mW cm−2.

2.3. Influence of Initial MC-LR Concentration

Investigations on UV/H2O2 effectiveness were repeated keeping the H2O2 dosage constant and
varying the initial concentration of MC-LR. The tests were conducted on real water with the addition
of MC-LR to obtain a concentration of 0.8 µg L−1, 50 µg L−1 and 100 µg L−1. Increasing the initial
MC-LR concentration from 0.8 to 50 µg L−1, the removal yields enhanced from 25% to 87.5% (Figure 4).
Further increasing the initial MC-LR concentration to 100 µg L−1 did not result in an enhancement in
toxin removal yields.

As shown in Figure A2 in Appendix A, all results were well fitted by applying the first-order
kinetics model to calculate the MC-LR removal kinetic constants (Table A2 in Appendix A). By increasing
the initial concentration of toxin from 0.8 to 50 µg L−1, HLT decreased by about 82% (from 288.8 to 52.5
min). The further increase in the initial MC-LR concentration to 100 µg L−1 did not lead to a change in
the removal kinetics.

Comparing the apparent rate constant of the process as a function of the initial toxin concentration
(Figure 5), the experimental points were well fitted by a second degree polynomial function that
predicted an increase of MC-LR degradation kinetics when the initial concentration moved from 0 to
80 µg L−1. On the contrary, as the initial MC-LR increased after 80 µg L−1, a lowering of the kinetics of
removal was detected. This result was confirmed in the literature by several studies where the lower
kinetics, obtained with high MC-LR concentration, are linked to the increase of the internal optical
density, which decrease the fraction of light absorbed by H2O2 limiting OH• production [38,40,42].
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On the contrary, with initial MC-LR concentration lower than 80 µg L−1, the obscuration of UV rays
can be considered absent.
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Figure 4. Degradation of MC-LR as a function of UV fluence in UV/H2O2 processes with different
initial toxin concentration. The colored curves represent exponential decay curve fitting. Error bars
represent the confidence interval (n = 3). Conditions: H2O2 dosage = 0.3 mM; pH = 7.5 and fluence
rate = 0.2 mW cm−2.
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Figure 5. First-order kinetic constant (kfluence) as a function of the initial MC-LR concentration (MC-LR0).
Conditions: H2O2 dosage = 0.3 mM; pH = 7.5 and fluence rate = 0.2 mW cm−2.
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2.4. Energy Consumption

The specific energy consumption required to remove MC-LR by one order of magnitude (EEO)
was assessed considering both the consumption given by the presence of UV (EEO, UV) and the use
of H2O2 (EEO, oxidant). As shown in Figure A3 in Appendix A, electrical energy per order (EEO) was
reported as a function of H2O2 dosage with tested UV fluence.

The results show that the total specific energy consumption (EEO, total) followed two different
behaviors depending on the UV fluence considered and the H2O2 dosed (Figure A4 in the Appendix A).
As the dosage of H2O2 increased, EEO, total decreased with high UV fluences (1000 mJ cm−2, 1500 mJ
cm−2 and 2000 mJ cm−2) while, in the presence of lower UV fluences (50 mJ cm−2, 300 mJ cm−2 and
600 mJ cm−2), EEO, total increased even significantly as the concentration of the chemical oxidant dosed
increased (Figure A4 in Appendix A).

In fact, significant H2O2 dosages in the presence of low UV radiation did not produce a significant
increase in the effectiveness in removing MC-LR. On the contrary, by keeping the H2O2 dosage constant
and increasing the fluence dose, the removal of MC-LR was more effective due to a greater production of
OH• radicals. Therefore, the specific energy consumption in relation to the MC-LR removed was lower.

By analyzing the behavior of EEO, total as a function of UV fluence (Figure 6), the optimal dosage
of H2O2 that minimized the total specific energy consumption related with MC-LR removed was
identified. Operating at low fluence rates (lower than 950 mJ cm−2), UV alone allowed it to minimize
the EEO, total. Operating between 950 and 1400 mJ cm−2, UV/H2O2 (0.3 µg L−1) combination minimized
specific consumption while, for UV fluence higher than 1400 mJ cm−2, the combination UV/H2O2

(0.9 µg L−1) was the most advantageous due to higher MC-LR removal.
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Figure 6. Total electrical energy per order (EEO), by different H2O2 dosage, as a function of UV fluence.
Conditions: MC-LR0 = 50 µg L−1; pH = 7.5 and fluence rate = 0.2 mW cm−2.

However, EEO values strongly depend on the removal yields of the toxin and therefore on the
production of OH• radicals. In addition to the concentration of oxidants used, the production of
hydroxyl radicals also depends on many other aspects including the hydrodynamics of the reactor
and its configuration [46]. Therefore, a direct comparison with other research is difficult to make.
However, although there are not many literature data on EEO related to the removal of MC-LR and most
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of those reported do not evaluate the energetic consumption related to the use of oxidants, the values
obtained are of the same order of magnitude as those reported by Schneider and Bláha (2020) [47].

3. Conclusions

The kinetics of the UV/H2O2 process was compared with those of UV and H2O2 showing the
following result: UV/H2O2 > UV > H2O2. The UV/H2O2 combination allowed the removal of up
to 93% of MC-LR (MC-LR0: 50 µg L−1; H2O2: 0.9 mM; UV fluence: 2000 mJ cm−2 and fluence rate:
0.2 mW cm−2). Within the range of H2O2 concentrations tested (0–0.9 mM), the results showed that
H2O2 concentration and the removal kinetics followed a quadratic relation. By increasing the initial
concentration of H2O2, the consumption of oxidant also increased but, in terms of MC-LR degraded
for H2O2 dosed, the removal efficiency decreased. The initial concentration of MC-LR can significantly
influence the kinetics of removal. The results showed that as the MC-LR0 increased, the removal
kinetics increased, up to a limit concentration (80 µg L−1) in which the presence of high amounts of
the toxin slowed down the process. About the specific energy consumption, UV alone minimized
the specific energy consumption required when operating with UV fluence lower than 950 mJ cm−2.
Operating between 950 and 1400 mJ cm−2, UV/H2O2 (0.3 mM) was the most advantageous combination
while for UV fluence higher than 1400 mJ cm−2, the use of UV/H2O2 (0.9 mM) was the solution that
involved lower energy consumption in relation to the quantity of MC-LR removed.

4. Materials and Methods

4.1. Water Preparation

In this study, powdered MC-LR (type ALX–350–012–C500; purity ≥ 95%; Enzo Life Sciences
Farmingdale, NY, USA) was stored at −20 ◦C and used to prepare a 50 mg L−1 solution by adding
10 mL ethanol (≥99.8%) to 0.5 mg powdered MC-LR.

In order to better simulate conditions of treatment of a real DW, raw water was collected from Iseo
Lake, in Peschiera Maraglio of Monteisola, in Northern Italy (province of Brescia, Lombardy) at 40 m
depth and 40 m from the shore. Characteristics of raw water are reported in Table A2 in Appendix A.
To separate dissolved MC-LR from cells, lake water samples were filtered using a 0.45 µm (pore size)
glass fiber filter [48,49] and the permeate (MC-LR = 0.1 µg L−1) was spiked with the MC-LR solution to
obtain toxin concentrations of 0.8 µg L−1, 50 µg L−1 and 100 µg L−1. Spiked waters were stored at 5 ◦C.

4.2. The Lab-Scale System

The batch system used for experimental tests was composed as described in Figure 7.
A low-pressure mercury UV lamp, which emits at 254 nm of wavelength, was used. A black
lampshade avoided the dispersion of the light beams to the sides and allowed it to concentrate the
radiation on the reactor. The intensity of the irradiation given by the UV-C rays incident on the reactor
was 0.2 mW cm−2. A 50 mL Petri dish (diameter 5.45 cm, height 3.525 cm and thickness 0.25 cm),
without lid, was used as a reactor. Inside the reactor, the water (depth 2.60 cm) was kept in constant
stirring due to a magnetic stirring apparatus.
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Figure 7. Scheme of the reactor used in test with UV, H2O2 and UV/H2O2.

4.3. Experimental Set-Up and Analytical Methods

This study was carried out testing the following processes:

• H2O2 alone;
• UV alone;
• UV/H2O2 combination.

Tests were conducted at room temperature (22 ± 2 ◦C) and aimed to study the kinetics of MC-LR
removal and investigate the effects of H2O2 dosage and initial MC-LR concentration.

Hydrogen peroxide (30%, w/v) was purchased from Carlo Erba Reagents S.r.l (Cornaredo,
Lombardy, Italy) and, during tests, the residual concentration was measured using the triiodide
method [50].

Before each experiment, to ensure a stable radiation, the UV lamps were allowed to warm up
for 15 min. Fluence rate was measured with iodide/iodate actinometry method [51] and was equal to
0.2 mW cm−2.

pH value was monitored by means a portable multiparameter instrument (WTW 3410 SET4,
Xylem Analytics Germany Sales GmbH, Weilheim, Germany).

After each fluence interval, samples were collected and catalase from Micrococcus lysodeikticus
solution (Sigma Aldrich, St. Louis, MO, USA) was used to quench H2O2 reaction in samples
before analysis according to Liu et al. [52]. The residual MC-LR concentration was measured with
enzyme-linked immunosorbent assay (ELISA) kit, purchased from Eurofins Abraxis (Warminster, PA,
USA). LOD and LOQ were equal to 0.1 µg L−1 and 5.0 µg L−1, respectively. The treated samples were
diluted with Milli-Q water in order to obtain measurable values.
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4.4. MC-LR Degradation

The results were elaborated according to a pseudo-first order kinetic as reported in Equation (1) [38]:

C = C0 × e−kfluence × F (1)

where C0 represents the initial concentration of MC-LR and C is the current i-th value. kfluence represents
the apparent rate constant of the process (cm2 mJ−1) and F is the UV fluence (mJ cm−2). ktime (min−1)
was calculated considering the fluence rate of the system (0.2 mW cm−2), and consequently half-life
time (HLT) of MC-LR during treatments was found using the following equation [14]:

HLT = ln(2) × ktime
−1 (2)

4.5. Hydrogen Peroxide Consumption

Considering the amount of H2O2 consumed and the MC-LR removed, the H2O2 efficiency
(mg mmol−1) was calculated according to Equation (3) [45]:

H2O2 efficiency =MC-LRremoved × H2O2consumed
−1 (3)

4.6. Energy Consumption

When the concentration of the contaminant is very low, the amount of electric energy required to
reduce the contaminant concentration by one order of magnitude can be considered independent of
the initial concentration [46,53]. The water depth and the distance between the lamp and the water
surface could affect the order of magnitude of the removal [46]. Although the lamp was not submerged
into the reactor, in this work these two effects were neglected considering: (i) the low level of water
inside the reactor and (ii) the presence of the black lampshade that avoided the dispersion of UV rays
conveying them onto the reactor. Therefore, the energy consumption of the UV system was evaluated
following the kinetic model of the electrical energy per order (EEO) according to Equation (4) [46,54,55]:

EEO,UV = (P × t × 103) × (V × log10(C0 C−1))−1 (4)

where P is the nominal power (kW) of the system, t (h) is the processing time and V (L) is the volume
of water. The nominal power (P) was assumed equal to the energy input to the system, considering a
fluence rate of 0.2 mW cm−2 and assuming a UV-C production yield of the lamp equal to 35%.

In view of the application on a larger scale, it is important to know not only the energy consumption
necessary to produce UV-C but also the energy consumption due to the dosage of the oxidizing reagent
(H2O2). In this work also, the chemical energy consumption associated to H2O2 was evaluated
according to Equation (5) [56]:

EEO,oxidant = (CH2O2 × CF) × (log10(C0 C−1))−1 (5)

where CH2O2 is the concentration of H2O2 (g m−3) and CF is a conversion factor equal to
6.67 × 10−3 kWh g−1 [56–58]. Therefore, total energy consumption can be calculated as reported
in Equation (6):

EEO,total = EEO,UV + EEO,oxidant (6)
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Figure A1. Normalized MC-LR concentration decay following a first-order kinetics model in UV alone
and UV/H2O2 processes. The colored lines represented curve fitting. Conditions: [MC-LR]0 = 50 µg L−1;
pH = 7.5 and fluence rate = 0.2 mW cm−2.
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Figure A2. Normalized MC-LR concentration decay following a first-order kinetics model in UV/H2O2

processes with different initial MC-LR concentration. The colored lines represented curve fitting.
Conditions: H2O2 dosage = 0.3 mM; pH = 7.5 and fluence rate = 0.2 mW cm−2.

132



Toxins 2020, 12, 810

 

−1 −2

Figure A3. Electrical energy per order (EEO) as function of H2O2 dosage with different UV fluence.
Conditions: MC-LR0 = 50 µg L−1; pH = 7.5 and fluence rate = 0.2 mW cm−2.
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Figure A4. Total electrical energy per order (EEO), by different UV fluences, as a function of H2O2 dosage.

Table A1. Kinetic constants and half-life times (HLT) of MC-LR during degradation by UV and UV/H2O2

using a first-order kinetics model. Conditions: MC-LR0 = 50 µg L−1; pH = 7.5; fluence rate = 0.2 mW cm−2

and N = number of total data.

UV
UV/H2O2
(0.15 mM)

UV/H2O2
(0.30 mM)

UV/H2O2
(0.90 mM)

R2 (-) 0.977 0.974 0.985 0.963
kfluence (cm2

mJ)
0.0009 0.001 0.0011 0.0014

ktime (min−1) 0.0108 0.0120 0.0132 0.0168
HLT (min) 64.2 57.8 52.5 41.3

n (-) 12 7 16 7

Table A2. Kinetic constants and half-life times (HLT) of MC-LR during degradation by UV/H2O2,
with different initial MC-LR concentration, using a first-order kinetics model. Conditions: H2O2

dosage = 0.3 mM; pH = 7.5; fluence rate = 0.2 mW cm−2 and N = number of total data.

UV/H2O2
(0.8 µg L−1)

UV/H2O2
(50 µg L−1)

UV/H2O2
(100 µg L−1)

R2 (-) 0.940 0.990 0.956
kfluence (cm2 mJ) 0.0002 0.0011 0.0011

ktime (min−1) 0.0024 0.0132 0.0132
HLT (min) 288.8 52.5 52.5

n (-) 3 16 5

134



Toxins 2020, 12, 810

Table A3. Characteristics of the raw water before filtration.

Parameter Unit of Measure Average Value

pH - 7.5
Dissolved oxygen mg L−1 9.5–9.7

Turbidity NTU 2–3
Absorbance UV at 254 nm 1 cm−1 0.010–0.020

Suspended solids mg L−1 0–1
Conductivity at 20 ◦C µS cm−1 260–270

Alkalinity mg HCO3
− L−1 120–130

Bacteria colony count at 22 ◦C CFU mL−1 80–90
Total coliforms at 37 ◦C MPN 100 mL−1 65–75

Enterococcus MPN 100 mL−1 2–4
Escherichia coli MPN 100 mL−1 8–10

Pseudomonas aeruginosa CFU 250 mL−1 2–4
Clostridium perfringens CFU 100 mL−1 1–3
Cyanobacterial algae cells L−1 1,700,000–2,000,000

Total algae cells L−1 3,500,000–3,600,000
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23. Czyżewska, W.; Piontek, M. The Efficiency of Microstrainers Filtration in the Process of Removing
Phytoplankton with Special Consideration of Cyanobacteria. Toxins 2019, 11, 285. [CrossRef]

24. Lürling, M.; Kang, L.; Mucci, M.; Van Oosterhout, F.; Noyma, N.P.; Miranda, M.; Huszar, V.L.; Waajen, G.;
Marinho, M.M. Coagulation and precipitation of cyanobacterial blooms. Ecol. Eng. 2020, 158, 106032.
[CrossRef]

25. Lama, S.; Muylaert, K.; Karki, T.B.; Foubert, I.; Henderson, R.K.; Vandamme, D. Flocculation properties of
several microalgae and a cyanobacterium species during ferric chloride, chitosan and alkaline flocculation.
Bioresour. Technol. 2016, 220, 464–470. [CrossRef]

26. Jeong, B.; Oh, M.S.; Park, H.M.; Park, C.; Kim, E.J.; Hong, S.W. Elimination of microcystin-LR and residual Mn
species using permanganate and powdered activated carbon: Oxidation products and pathways. Water Res.

2017, 114, 189–199. [CrossRef]
27. Drogui, P.; Daghrir, R.; Simard, M.-C.; Sauvageau, C.; Blais, J.F. Removal of microcystin-LR from spiked water

using either activated carbon or anthracite as filter material. Environ. Technol. 2011, 33, 381–391. [CrossRef]
28. Mashile, P.P.; Mpupa, A.; Nomngongo, P.N. Adsorptive removal of microcystin-LR from surface and

wastewater using tyre-based powdered activated carbon: Kinetics and isotherms. Toxicon 2018, 145, 25–31.
[CrossRef]

29. Villars, K.; Huang, Y.; Lenhart, J.J. Removal of the Cyanotoxin Microcystin-LR from Drinking Water Using
Granular Activated Carbon. Environ. Eng. Sci. 2020, 37, 585–595. [CrossRef]

30. Moon, B.R.; Kim, T.K.; Kim, M.K.; Choi, J.; Zoh, K.D. Degradation mechanisms of Microcystin-LR during
UV-B photolysis and UV/H2O2 processes: Byproducts and pathways. Chemosphere 2017, 185, 1039–1047.
[CrossRef] [PubMed]

31. Park, J.A.; Yang, B.; Jang, M.; Kim, J.H.; Kim, S.B.; Park, H.D.; Park, H.M.; Lee, S.H.; Choi, J.W. Oxidation and
molecular properties of microcystin-LR, microcystin-RR and anatoxin-a using UV-light-emitting diodes at
255 nm in combination with H2O2. Chem. Eng. J. 2019, 366, 423–432. [CrossRef]

32. Park, J.A.; Yang, B.; Kim, J.H.; Choi, J.W.; Park, H.D.; Lee, S.H. Removal of microcystin-LR using UV-assisted
advanced oxidation processes and optimization of photo-Fenton-like process for treating Nak-Dong River
water, South Korea. Chem. Eng. J. 2018, 348, 125–134. [CrossRef]

33. Zhu, G.; Lu, X.; Yang, Z. Characteristics of UV-MicroO 3 Reactor and Its Application to Microcystins
Degradation during Surface Water Treatment. J. Chem. 2015, 2015, 1–9.

136



Toxins 2020, 12, 810

34. Sorlini, S.; Biasibetti, M.; Collivignarelli, M.C.; Crotti, B.M. Reducing the chlorine dioxide demand in final
disinfection of drinking water treatment plants using activated carbon. Environ. Technol. 2015, 36, 1499–1509.
[CrossRef]

35. Sorlini, S.; Collivignarelli, M.C.; Canato, M. Effectiveness in chlorite removal by two activated carbons under
different working conditions: A laboratory study. J. Water Supply Res. Technol. 2015, 64, 450–461. [CrossRef]

36. Sorlini, S.; Biasibetti, M.; Gialdini, F.; Collivignarelli, M.C. How can drinking water treatments influence
chlorine dioxide consumption and by-product formation in final disinfection? Water Sci. Technol. Water Supply

2016, 16, 333–346. [CrossRef]
37. Li, W.Y.; Liu, Y.; Sun, X.L.; Wang, F.; Qian, L.; Xu, C.; Zhang, J.P. Photocatalytic degradation of MC-LR in

water by the UV/TiO2/H2O2 process. Water Supply 2015, 16, 34–43. [CrossRef]
38. He, X.; Pelaez, M.; Westrick, J.A.; O’Shea, K.E.; Hiskia, A.; Triantis, T.; Kaloudis, T.; Stefan, M.I.; De La

Cruz, A.A.; Dionysiou, D.D. Efficient removal of microcystin-LR by UV-C/H2O2 in synthetic and natural
water samples. Water Res. 2012, 46, 1501–1510. [CrossRef]

39. Wang, X.; Utsumi, M.; Yang, Y.; Li, D.; Zhao, Y.; Zhang, Z.; Feng, C.; Sugiura, N.; Cheng, J.J. Degradation of
microcystin-LR by highly efficient AgBr/Ag3PO4/TiO2 heterojunction photocatalyst under simulated solar
light irradiation. Appl. Surf. Sci. 2015, 325, 1–12. [CrossRef]

40. Liu, J.; Ye, J.S.; Ou, H.; Lin, J. Effectiveness and intermediates of microcystin-LR degradation by UV/H2O2 via
265 nm ultraviolet light-emitting diodes. Environ. Sci. Pollut. Res. 2017, 24, 4676–4684. [CrossRef] [PubMed]

41. Collivignarelli, M.C.; Pedrazzani, R.; Sorlini, S.; Abbà, A.; Bertanza, G. H2O2 Based Oxidation Processes for
the Treatment of Real High Strength Aqueous Wastes. Sustainability 2017, 9, 244. [CrossRef]

42. Li, L.; Gao, N.Y.; Deng, Y.; Yao, J.J.; Zhang, K.J.; Li, H.J.; Yin, D.D.; Ou, H.S.; Guo, J.W. Experimental and
model comparisons of H2O2 assisted UV photodegradation of Microcystin-LR in simulated drinking water.
J. Zhejiang Univ. A 2009, 10, 1660–1669. [CrossRef]

43. Vlad, S.; Anderson, W.B.; Peldszus, S.; Huck, P.M. Removal of the cyanotoxin anatoxin-a by drinking water
treatment processes: A review. J. Water Heal. 2014, 12, 601–617. [CrossRef] [PubMed]

44. Loaiza-González, J.M.; Salazar, M.C.L.; Rubio-Clemente, A.; Rodriguez, D.C.; Peñuela, G.; Salazar, C.L.;
Rodríguez, D.C.; Peñuela, G.A. Efficiency of the removal of microcystin-LR by UV-radiation and hydrogen
peroxide. Revista Facultad de Ingeniería Universidad de Antioquia 2019, 9–19. [CrossRef]

45. Penru, Y.; Guastalli, A.R.; Esplugas, S.; Baig, S. Application of UV and UV/H2O2 to seawater: Disinfection
and natural organic matter removal. J. Photochem. Photobiol. A Chem. 2012, 233, 40–45. [CrossRef]

46. Keen, O.; Bolton, J.; Litter, M.; Bircher, K.; Oppenländer, T. Standard reporting of Electrical Energy per Order
(EEO) for UV/H2O2 reactors (IUPAC Technical Report). Pure Appl. Chem. 2018, 90, 1487–1499. [CrossRef]

47. Schneider, M.; Bláha, L. Advanced oxidation processes for the removal of cyanobacterial toxins from drinking
water. Environ. Sci. Eur. 2020, 32, 1–24. [CrossRef]

48. Grützmacher, G.; Böttcher, G.; Chorus, I.; Bartel, H. Removal of microcystins by slow sand filtration.
Environ. Toxicol. 2002, 17, 386–394. [CrossRef]

49. Jeon, Y.; Li, L.; Calvillo, J.; Ryu, H.; Domingo, J.W.S.; Choi, O.; Brown, J.; Seo, Y. Impact of algal organic
matter on the performance, cyanotoxin removal, and biofilms of biologically-active filtration systems. Water

Res. 2020, 184, 116120. [CrossRef]
50. Klassen, N.V.; Marchington, D.; McGowan, H.C. H2O2 Determination by the I3- Method and by KMnO4

Titration. Anal. Chem. 1994, 66, 2921–2925. [CrossRef]
51. Rahn, R.O.; Bolton, J.; Stefan, M.I. The Iodide/Iodate Actinometer in UV Disinfection: Determination of the

Fluence Rate Distribution in UV Reactors. Photochem. Photobiol. 2006, 82, 611–615. [CrossRef] [PubMed]
52. Liu, W.; Andrews, S.; Stefan, M.I.; Bolton, J.R. Optimal methods for quenching H2O2 residuals prior to UFC

testing. Water Res. 2003, 37, 3697–3703. [CrossRef]
53. Collivignarelli, M.C.; Abbà, A.; Miino, M.C.; Arab, H.; Bestetti, M.; Franz, S. Decolorization and

biodegradability of a real pharmaceutical wastewater treated by H2O2-assisted photoelectrocatalysis
on TiO2 meshes. J. Hazard. Mater. 2020, 387, 121668. [CrossRef] [PubMed]

54. Malpass, G.R.P.; Miwa, D.; Mortari, D.; Machado, S.; Motheo, A. Decolorisation of real textile waste using
electrochemical techniques: Effect of the chloride concentration. Water Res. 2007, 41, 2969–2977. [CrossRef]
[PubMed]

137



Toxins 2020, 12, 810

55. Farkas, J.; Náfrádi, M.; Hlogyik, T.; Pravda, B.C.; Gajda-Schrantz, K.; Hernádi, K.; Alapi, T. Comparison of
advanced oxidation processes in the decomposition of diuron and monuron–efficiency, intermediates,
electrical energy per order and the effect of various matrices. Environ. Sci. Water Res. Technol. 2018, 4,
1345–1360. [CrossRef]

56. Zhang, R.; Yang, Y.; Huang, C.-H.; Zhao, L.; Sun, P. Kinetics and modeling of sulfonamide antibiotic
degradation in wastewater and human urine by UV/H2O2 and UV/PDS. Water Res. 2016, 103, 283–292.
[CrossRef]

57. Yao, H.; Sun, P.; Minakata, D.; Crittenden, J.C.; Huang, C.-H. Kinetics and Modeling of Degradation of
Ionophore Antibiotics by UV and UV/H2O2. Environ. Sci. Technol. 2013, 47, 4581–4589. [CrossRef]

58. Sun, P.; Tyree, C.; Huang, C.-H. Inactivation of Escherichia coli, Bacteriophage MS2, and Bacillus Spores
under UV/H2O2 and UV/Peroxydisulfate Advanced Disinfection Conditions. Environ. Sci. Technol. 2016, 50,
4448–4458. [CrossRef]

Publisher’s Note: MDPI stays neutral with regard to jurisdictional claims in published maps and institutional
affiliations.

© 2020 by the authors. Licensee MDPI, Basel, Switzerland. This article is an open access
article distributed under the terms and conditions of the Creative Commons Attribution
(CC BY) license (http://creativecommons.org/licenses/by/4.0/).

138



toxins

Article

The Efficacy of Hydrogen Peroxide in Mitigating
Cyanobacterial Blooms and Altering Microbial
Communities across Four Lakes in NY, USA

Mark W. Lusty and Christopher J. Gobler *

School of Marine and Atmospheric Sciences, Stony Brook University, Southampton, NY 11968, USA;
mark.lusty@stonybrook.edu
* Correspondence: christopher.gobler@stonybrook.edu

Received: 3 June 2020; Accepted: 22 June 2020; Published: 29 June 2020
����������
�������

Abstract: Hydrogen peroxide (H2O2) has been proposed as an agent to mitigate toxic cyanobacterial
blooms due to the heightened sensitivity of cyanobacteria to reactive oxygen species relative to
eukaryotic organisms. Here, experiments were conducted using water from four diverse, eutrophic
lake ecosystems to study the effects of H2O2 on cyanobacteria and non-target members of the
microbial community. H2O2 was administered at 4 µg L−1 and a combination of fluorometry,
microscopy, flow cytometry, and high throughput DNA sequencing were used to quantify the
effects on eukaryotic and prokaryotic plankton communities. The addition of H2O2 resulted in a
significant reduction in cyanobacteria levels in nearly all experiments (10 of 11), reducing their relative
abundance from, on average, 85% to 29% of the total phytoplankton community with Planktothrix
being highly sensitive, Microcystis being moderately sensitive, and Cylindrospermopsis being most
resistant. Concurrently, eukaryotic algal levels increased in 75% of experiments. The bacterial phyla
Actinobacteria, cyanobacteria, Planctomycetes, and Verrucomicrobia were most negatively impacted
by H2O2, with Actinobacteria being the most sensitive. The ability of H2O2 to reduce, but not fully
eliminate, cyanobacteria from the eutrophic water bodies studied here suggests it may not be an ideal
mitigation approach in high biomass ecosystems.

Keywords: cyanobacteria; hydrogen peroxide; 16S rRNA; harmful algal blooms

Key Contribution: Use of high throughput DNA sequencing of the 16s RNA gene to quantify the
effects of H2O2 on cyanobacteria and non-target prokaryotic plankton.

1. Introduction

Cyanobacteria, or blue-green algae, are photosynthetic prokaryotes that are ubiquitous in fresh
and marine waterbodies. Blooms of cyanobacteria in eutrophic waters can be associated with light
attenuation and hypoxia, and some bloom-forming cyanobacteria are capable of producing a suite of
toxins, most commonly the hepatotoxin, microcystin [1]. Consequently, the World Health Organization
(WHO) and US EPA have set drinking water and bathing guidance values microcystin [2,3]. In addition
to exposure through drinking water and bathing, cyanotoxins can be ingested through the consumption
of fish and shellfish [4–6]. These toxins can also affect animals; between 2007 and 2011, there were
67 cases of dog poisonings due to toxic cyanobacteria blooms across the U.S., 38 of which were fatal [7].

The occurrence of harmful cyanobacterial blooms is often linked to excessive anthropogenic
eutrophication [5,8,9] but reducing nutrient loads can be a difficult and lengthy process that can involve
changing fertilizer and wastewater disposal practices. Hence, there is interest in identifying mitigation
approaches that can selectively target and remove toxic cyanobacterial blooms in order to prevent
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exposure and harm. Hydrogen peroxide (H2O2) has been considered for this role [10–12]. As a strong
oxidant, it is known for its disinfectant capabilities, is a naturally occurring compound in aquatic
systems, and quickly decomposes into water and gaseous oxygen [13]. As H2O2 decomposes, it releases
hydroxyl radicals, strong reactive oxygen species known to damage cells and inhibit photosynthetic
activity by causing damage to photosystem II [14,15]. H2O2 has been shown to be specifically
detrimental to the growth and function of cyanobacteria and capable of reducing biomass of Microcystis
and Planktothrix by 50% in less than 48 h [10,11]. Cyanobacteria are known to be more sensitive to
H2O2 than eukaryotic primary producers [13,14,16], and a previous study found Microcystis aeruginosa
to be ten-times more sensitive than species of green algae and diatoms [13]. This may be due, in part,
to the photosystems of cyanobacteria not being protected within an organelle [14]. In addition, unlike
cyanobacteria, eukaryotic phytoplankton commonly produce enzymes such as ascorbate peroxidase
that break down H2O2 and protect them from damage by reactive oxygen species (ROS) such as
hydroxyl radicals [17]. A whole lake study examining mesozooplankton abundances, mostly Daphnia
and Diaphanosoma, found that they were unaffected at 2 mg H2O2 L−1, a concentration that inhibited
the cyanobacterium Planktothrix [11].

The effects of hydrogen peroxide on cyanobacteria has been well-documented in laboratory
cultures [13,18,19]. However, research assessing the effect of H2O2 on other important members
of planktonic communities such as picocyanobacteria, eukaryotes, and heterotrophic bacteria has
been limited. It is important that effects of H2O2 on cyanobacteria and the rest of the prokaryotic
and eukaryotic community are understood before H2O2 is widely used for mitigation purposes in
natural ecosystems.

This project, therefore, sought to understand the effects of H2O2 on multiple genera of
toxin-producing cyanobacteria (i.e., Microcystis, Dolichospermum, Cylindrospermopsis, and Planktothrix)
as well as co-occurring plankton including picocyanobacteria, eukaryotic algae, and heterotrophic
bacteria. This was done through a series of incubation experiments performed using environmental
samples from four contrasting water bodies across Long Island, NY, USA. Microbial communities
were assessed using standard (microscopy, fluorometry) and molecular (high throughput amplicon
sequencing) approaches to establish a comprehensive assessment of the efficacy of H2O2 as a mitigation
approach for toxic cyanobacterial blooms.

2. Results

2.1. Fluorometric Response of the Phytoplankton Community

During three experiments utilizing water from Lake Agawam, initial cyanobacterial biomass
ranged from 73 to 243 µg Chla L−1, dominated by mixtures of Microcystis, Planktothrix,
and Dolichospermum. Cyanobacterial biomass was significantly lower four to six days after exposure to
4 mg H2O2 L−1 in two of three experiments, with concentrations 52% (p < 0.001; Figure 1a) and 43%
(p < 0.005; Figure 1c) lower than the control. Cyanobacterial biomass was reduced below the New
York State Department of Environmental Conservation (NYSDEC) level of concern of 25 µg Chla L−1

in the one experiment that had the lowest initial concentration of these experiments (73 µg Chla L−1;
Figure 1a). Initial green algal biomass was low (0–0.24 µg Chla L−1) but was significantly higher than
the control following exposure to H2O2 in one of the experiments (p < 0.001; Figure 1a). Unicellular
brown algae were fluorometrically undetectable during the Lake Agawam experiments.

Initial cyanobacterial biomass for the three Mill Pond experiments ranged from 45 to 366 µg Chla L−1,
dominated by Microcystis and Cylindrospermopsis. Four or seven days after exposure to H2O2,
cyanobacterial biomass was significantly lower than the control in all three experiments by 99% (p < 0.001;
Figure 1d), 93% (p < 0.001; Figure 1e), and 95% (p < 0.001; Figure 1f), respectively, and below the level of
concern of 25 µg Chla L−1 in two experiments (Figure 1d,f). Initial biomass of green algae in Mill Pond
ranged from below detection to 7.3 µg Chla L−1 and rose higher than the control to 76 ± 7 µg Chla L−1

(p < 0.001; Figure 1d), 30 ± 2 µg Chla L−1 (p < 0.001; Figure 1e), and 342 ± 18 µg Chla L−1 (p < 0.001;
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Figure 1f), respectively, in all three experiments following H2O2 exposure. Initial unicellular brown algae
biomass levels were below detection at the start of the three experiments, but values rose significantly
to 5 ± 1 µg Chla L−1 (p < 0.005) and 24 ± 3 µg Chla L−1 (p < 0.001) in two of the three experiments,
but remained undetectable in the third experiment (Figure 1d,f).

Figure 1. Fluoroprobe biomass measurements for bottle experiments from Lake Agawam (a) 7/21/16,
(b) 10/20/16, (c) 6/9/17; Mill Pond (d) 7/21/16, (e) 10/20/16, (f) 6/30/17; (g) Georgica Pond 7/21/16; and (h)
Roth Pond 6/9/17. Asterisks show significant changes (p < 0.05) in treatments relative to control. Error
bars show standard error.

For the Georgica Pond experiment, initial cyanobacterial biomass was 58 µg Chla L−1 being
dominated by Aphanizomenon (Figure 1g). Four days after treatment with 4 mg H2O2 L−1, cyanobacterial
biomass was 99.8% lower than the control and nearly 0 µg Chla L−1 (p < 0.001; Figure 1g). Initial green
algal biomass was 11 µg Chla L−1 and was 144% higher than the control following exposure to H2O2

(p < 0.01; Figure 1g). Initial unicellular brown algae biomass was 39 µg Chla L−1 and rose to 47 ±
13 µg Chla L−1 following H2O2 exposure, significantly higher than the control where concentration
had fallen (p < 0.05; Figure 1g).

For the Roth Pond experiment, initial cyanobacterial biomass was 222 µg Chla L−1 and was
dominated by Microcystis and Cylindrospermopsis (Figure 1h). Cyanobacterial biomass was 82% lower
than the control (p < 0.001) at 19 ± 3 µg Chla L−1 in the 4 mg H2O2 L−1 treatment after six days. Initial
green algae biomass was 29 µg Chla L−1 but rose in the H2O2 treatment to 403 ± 10 µg Chla L−1, 400%
higher than the control (p < 0.001; Figure 1h). Unicellular brown algae were undetectable at the start of
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the experiment but were significantly higher than the control at 20 ± 3 µg Chla L−1 6 days after H2O2

exposure (p < 0.005; Figure 1h).
In summary, during the eight incubation experiments among four locations assessed

fluorometrically, cyanobacterial levels were significantly lowered following the addition of H2O2 than
the control in seven experiments, green algae levels became significantly higher in H2O2 treatments
relative to the control in six of eight experiments, and unicellular brown algae became significantly
higher in H2O2 treatments relative to the control in four of eight experiments.

2.2. Detailed Assessment of Planktonic Responses to H2O2

Given the strong and significant effects of H2O2 on plankton communities during this first set
of experiments, three additional experiments were performed utilizing water from three ecosystems
with additional analyses performed to more fully assess the response of plankton communities to
H2O2. In the first of these experiments from Lake Agawam, the initial cyanobacterial biomass was
103 µg Chla L−1 and five days following exposure to 4 mg H2O2 L−1 was significantly lower than the
control at 23 ± 2 µg Chla L−1 (p < 0.001; Figure 2a). Initial green algae biomass concentration was
undetectable but rose to 69 ± 4 µg Chla L−1 after treatment with H2O2, a level significantly higher than
the control (p < 0.001; Figure 2a). Unicellular brown algae biomass was undetectable at the start of
the experiment but rose to levels significantly higher than the control at 0.4 ± 0.2 µg Chla L−1 in the
H2O2 treatment (p < 0.05; Figure 2a). Picocyanobacteria (Cyanobium) concentrations in Lake Agawam
were initially 5340 ± 360 cells mL−1 and decreased in the control to 1690 ± 80 cells mL−1 (Figure 2b).
The H2O2 treatment was reduced by less, and was 110% higher relative to the control with a final
concentration of 3560 ± 90 cells mL−1 (p < 0.001; Figure 2b). Eukaryotic algae concentrations were 193%
higher in the H2O2 treatment than the control at 9090 ± 150 cells mL−1 (p < 0.001; Figure 2b). The initial
concentration of heterotrophic bacteria was 7.0 × 105 cells mL−1 and was 44% lower than the control
after the addition of H2O2 at 3.45 × 105 cells mL−1 (p < 0.001; Figure 2b). Diatom densities in Lake
Agawam were 34 cells mL−1 and levels rose to be significantly higher in the treatment (p < 0.05) relative
to the control to 120 ± 28 cells mL−1 (Figure 2c). Green algae concentrations were initially 657 cells
mL−1 and were nearly six-fold higher in the treatment compared to the control at 3700 ± 50 cells mL−1

(p < 0.001; Figure 2c). Initial Microcystis concentrations were 222 colonies mL−1 and were significantly
reduced by H2O2 to below the control to 34 ± 7 colonies mL−1 (p < 0.001; Figure 2c). There were
76 Dolichospermum chains mL−1 at the start of the experiment and concentrations sharply declined
to 4 ± 4 chains mL−1 following H2O2 addition, a level significantly lower than the control (p < 0.005;
Figure 2c). Finally, following H2O2 addition Planktothrix concentrations were 50% of the control at
439 ± 43 chains mL−1 (p < 0.01; Figure 2c).

High throughput sequencing of the 16S rDNA gene indicated that the relative abundance of
Actinobacteria in Lake Agawam was initially 17 ± 1% and dropped to 5 ± 1% five days after exposure to
4 mg H2O2 L−1, significantly lower than the control (p < 0.001). Planctomycetes was 4 ± 1% initially
and was significantly reduced to 2 ± 1%, significantly lower than the control (p < 0.001), while
Verrucomicrobia was 4 ± 1% and was reduced to 0.4 ± 0.1%, significantly lower than the control (p <
0.001; Figure 2d). The sequenced relative abundance of Bacteroidetes in Lake Agawam was significantly
higher than the control after the addition of H2O2 at 42 ± 4% compared to an initial of 32 ± 1% (p <
0.001; Figure 2d). The sequenced relative abundance of Proteobacteria and other less abundant taxa
abundances were not significantly altered by H2O2 (Figure 2d).
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Figure 2. (a) Fluoroprobe biomass, (b) flow cytometry, (c) microscopy, (d) phylum level relative
abundance, and (e) genus level cyanobacteria relative abundance for Lake Agawam experiment,
10/3/16. Asterisks show significant changes (p < 0.05) in treatments relative to control. Error bars show
standard error.

Among all prokaryotes, the sequenced relative abundance of cyanobacteria was initially 25 ± 2%
but was reduced to lower than the control to 2 ± 1% after H2O2 exposure (p < 0.001). Among the
cyanobacteria, Planktothrix was the most abundant taxa in the Lake Agawam experiment with an initial
relative abundance of 94 ± 1% that was significantly lower than the control at 17 ± 2% following the
addition of H2O2 (p < 0.001; Figure 2e). In contrast, Microcystis had an initial abundance of 4 ± 1% that
was higher relative to the control at 68 ± 6% in the H2O2 treatment (p < 0.001; Figure 2e).

Cylindrospermopsis made up only 0.2 ± 0.1% of initial cyanobacterial sequences but was higher than
the control at 6 ± 6% following the H2O2 addition (p < 0.001; Figure 2e). Multiplying cyanobacterial
Chla values by sequenced relative abundances provided an estimate of individual biomasses and
revealed that Planktothrix biomass decreased significantly (p < 0.001), while Microcystis (p < 0.001) and
Cylindrospermopsis (p < 0.001) biomasses increased (Figure 3).
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Figure 3. Absolute abundance (relative abundance multiplied by biomass) of cyanobacteria for Lake
Agawam experiment, 10/3/16.

For the experiment that provided a detailed assessment from the Mill Pond planktonic community,
initial cyanobacterial biomass was 394 µg Chla L−1 and was 96% lower than the control after
five days following exposure to H2O2 at 13 ± 3 µg Chla L−1 (p < 0.001; Figure 4a). Green algae
were below detectable levels in Mill Pond at the start of the experiment but were significantly
higher at 60 ± 7 µg Chla L−1 (p < 0.001) following H2O2 treatment; unicellular brown algae were
fluorometrically undetectable in this experiment (Figure 4a). Initial eukaryotic algae concentrations
were 1.14 ± 0.30 × 104 cells mL−1 and were unchanged by H2O2 but were 52% lower relative to the
control (p < 0.001; Figure 4b).

Cyanobium and heterotrophic bacteria concentrations in the H2O2 treatment were not significantly
different from the control (Figure 4b). Levels of diatoms were low in Mill Pond prior to the experiment
(< 10 cells mL−1) but increased and were significantly higher than the control after the H2O2 addition
with a final concentration of 157 ± 35 cells mL−1 (p < 0.01; Figure 4c). Green algae cell densities
were initially 1290 ± 140 cells mL−1 and were significantly higher in the H2O2 treatment compared
to the control at 2.65 ± 0.37 × 104 cells mL−1 (p < 0.01; Figure 4c). Initial Microcystis concentrations
were 108 ± 4 colonies mL−1 and were significantly lower than the control following exposure to H2O2

(p < 0.05; Figure 4c). Cylindrospermopsis initial concentration was 2.45 ± 0.14 × 105 chains mL−1 and
significantly decreased by 100% following exposure to H2O2 (p< 0.001; Figure 4c) while Dolichospermum
and Planktothrix levels were unaffected.

High throughput sequencing revealed that H2O2 caused a significant decline in the sequenced
relative abundance of several bacterial groups in Mill Pond including Actinobacteria, Planctomycetes, and
Verrucomicrobia (p < 0.005; Figure 4d). In contrast, the sequenced relative abundances of Bacteroidetes
and Proteobacteria were higher in the H2O2 treatment relative to the control (p < 0.001; Figure 4d).
Among cyanobacteria identified via sequencing of 16S rDNA, Cylindrospermopsis was the dominant
operational taxonomic unit (OTU) (88 ± 1% of cyanobacteria sequences) in initial sequences and
increased in relative abundance following H2O2 addition to 98 ± 1%, significantly higher than the
control (p < 0.001). In contrast, the sequenced relative abundances of Microcystis and Nodosilinea were
significantly lowered by H2O2 relative to the control (p < 0.001; Figure 4e). Estimated changes in
absolute abundances based on fluorometry and sequencing revealed that, despite the differential
sensitivities of differing cyanobacterial groups to H2O2, the biomass of Cylindrospermopsis (p < 0.001),
Microcystis (p < 0.01), and Nodosilinea (p < 0.001) all significantly declined in the treatment relative to
the initial levels and the control (Figure 5).

Finally, during the Roth Pond experiment, initial cyanobacteria biomass was 59 µg Chla L−1 and
was significantly lower in H2O2 treatments at 39 ± 3 µg Chla L−1 relative to the control seven days after
exposure (p < 0.01; Figure 6a). Initial green algae biomass was 141 µg Chla L−1 but was not significantly
altered by H2O2, while unicellular brown algal biomass levels were 100% higher in the H2O2 treatment
compared to the control at 239 ± 12 µg Chla L−1 (p < 0.01; Figure 6a). Flow cytometrically quantified
Cyanobium concentrations in the Roth Pond were 99.8% lower in the H2O2 treatment compared to
the control (p < 0.001) whereas levels of eukaryotic algae were unchanged (Figure 6b). Levels of
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heterotrophic bacteria were 33% higher than the controls seven days after the addition of H2O2

(p < 0.005; Figure 6b). Green algae identified microscopically were 111% higher in the H2O2 treatment
compared to the control at 1.28 ± 0.06 × 105 cells mL−1 (p < 0.001; Figure 6c), while diatom levels were
unchanged (Figure 6c). Microcystis concentrations were 1320 ± 180 colonies mL−1 and were reduced by
100% by H2O2 (p < 0.001) while Dolichospermum concentrations were unchanged (Figure 6c). Final,
total concentration of microcystin was 0.56 ± 0.13 µg L−1 in the control, and significantly higher at 0.85
± 0.06 µg L−1 in the H2O2 treatment (p < 0.005).

Figure 4. (a) Fluoroprobe biomass, (b) flow cytometry, (c) microscopy, (d) phylum level relative
abundance, and (e) genus level cyanobacteria relative abundance for Mill Pond experiment, 10/3/16.
Asterisks show significant changes (p < 0.05) in treatments relative to control. Error bars show
standard error.
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Figure 5. Absolute abundance (relative abundance multiplied by biomass) of cyanobacteria for Mill
Pond experiment 10/3/16.

Figure 6. (a) Fluoroprobe biomass, (b) flow cytometry, (c) microscopy, (d) phylum level relative
abundance, and (e) genus level cyanobacteria relative abundance for Roth Pond experiment, 6/30/17.
Asterisks show significant changes (p < 0.05) in treatments relative to control. Error bars show
standard error.
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Sequencing of the 16S rDNA indicated Actinobacteria were significantly higher in the H2O2

treatment compared to the control (p < 0.001) whereas cyanobacteria and Verrucomicrobia relative
abundances were significantly lower than the control (p < 0.001; Figure 6e). Among the cyanobacteria,
Microcystis and Cyanobium were the two most abundant genera in Roth Pond and the relative abundance
of both was lower in the H2O2 treatment compared to the control (p < 0.001; Figure 6e). In contrast,
Cylindrospermopsis relative abundance was initially 4 ± 1% and increased to 28 ± 9% following in
the H2O2 treatment and was significantly higher than the control (p < 0.001). Despite the lower
relative and absolute abundances of Microcystis during this experiment, the concentration of the
cyanotoxin, microcystin, was marginally higher in the H2O2 treatment than the control, at 0.9 ± 0.1 µg
L−1 compared to 0.6 ± 0.1 µg L−1 (p < 0.05). The individual biomasses (relative abundance multiplied
by cyanobacterial Chla) for Microcystis (p < 0.05) and Cyanobium (p < 0.005) significantly declined
in response to H2O2, while total biomass of Planktothrix (p < 0.01) and Cylindrospermopsis (p < 0.1)
increased (Figure 7).

Figure 7. Absolute abundance (relative abundance multiplied by biomass) of cyanobacteria for Roth
Pond experiment, 6/30/17.

3. Discussion

During this study, H2O2 was used to mitigate cyanobacterial populations in environmental
samples from four water bodies. H2O2 almost always reduced the levels of cyanobacteria and increased
the abundances of eukaryotic algae. Effects on non-photosynthetic prokaryotes were complex, as some
bacteria were consistently inhibited by H2O2 while others were promoted. Collectively, these findings
provide new insight into the complex manner in which H2O2 can alter the composition of microbial
communities dominated by cyanobacteria.

3.1. Cyanobacteria vs. Eukaryotes

Cyanobacterial biomass and cell abundance were significantly reduced by H2O2 in a majority
of experiments (91%, 10 of 11), and eukaryotic green and unicellular brown algae were significantly
increased in 73% and 55% of experiments, and did not decline significantly in any experiment.
The ability of H2O2 to significantly reduce concentrations of cyanobacteria relative to eukaryotic
algae is consistent with previous observations [11,13,14]. Across all experiments, the fluorometric
relative abundance of cyanobacteria was significantly reduced from 85 ± 8% to 29 ± 10% (p < 0.005).
The trend was also reflected in microscopy, with significant cyanobacterial reductions and significant
increases of eukaryotic algae in all experiments quantified. Differences in flow cytometry were more
varied, with Cyanobium and eukaryotic algae counts each significantly lower than control in one
experiment, and significantly higher in another. A lack of ascorbate peroxidases in cyanobacteria,
which are common in eukaryotes, has been offered as one possible factor contributing to their greater
sensitivity [20,21]. Additionally, photosystem II of cyanobacteria is not protected within a cell organelle,
making it physically more susceptible to damage from H2O2 [22].

Despite the common reduction in cyanobacterial biomass in experiments, it was reduced to
levels below detection limit in only two out of 11 experiments and reduced below 25 µg Chla L−1
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(NYSDEC guidance value for cyanobacterial blooms) in one other. The inability to completely eliminate
cyanobacteria may result in their resurgence over a short period of time [11]. While microcystin was
only quantified once in this study, whole-water concentrations slightly increased (0.6 to 0.9 µg L−1) in
that experiment, a finding that slightly contrasts with prior studies [11] but is perhaps not completely
surprising given the dynamics of cyanobacteria in that experiment. While total cyanobacterial
biomass decreased in that experiment, it was one of the smallest declines in this study (33%). Further,
while one microcystin producer, Microcystis [1], significantly declined in relative abundance during
that experiment, another, Planktothrix [1], significantly increased and seemingly contributed to the
slightly higher toxicity observed at the end of this experiment.

3.2. Comparing Cyanobacterial Genera

While cyanobacterial biomass and cell densities were reduced in a majority of experiments,
the reductions varied between genera. Although cyanobacteria do not usually produce ascorbate
peroxidases, they are capable of producing a suite of other anti-oxidant enzymes, including
catalases, peroxidases, and peroxiredoxins [21]. While peroxiredoxins are ubiquitously present
across cyanobacteria, other enzymes can vary between genera and strains, which may account for
some of the variability in relative reductions observed [21].

Microcystis was the most ubiquitous of the cyanobacteria during this study and was significantly
reduced in microscopic counts to levels less than control in all experiments, but was reduced below
detection in only one. Microcystis was reduced to a significantly lower relative and absolute abundance
compared to the unamended controls in two of the three experiments where sequencing was performed
and was higher with H2O2 in the experiment where Planktothrix was dominant. In contrast to
Microcystis, Cyanobium and Cylindrospermopsis were more resistant to H2O2. Cyanobium was the
second most abundant cyanobacteria in Roth Pond, behind Microcystis, and cell concentrations
were significantly lower relative to the control in one experiment, and significantly higher in
another. The sequenced relative abundance of Cyanobium was significantly lower in one of the
three experiments. A prior laboratory study found Cyanobium four-fold less sensitive to H2O2 than
Microcystis [13]. Cylindrospermopsis concentrations in microscopy were detected in two experiments,
and were significantly reduced in only one (Figure 4c). The sequenced relative abundance of
Cylindrospermopsis in H2O2 treatments was higher than the control in all three experiments, including
one where it was dominant over Microcystis, though it was still reduced in absolute abundance (Figures
4c and 5).

The heightened sensitivity of Microcystis to H2O2 relative to other genera may be related to its
deficient antioxidant systems as some strains of Microcystis lack typical cyanobacterial catalases [21].
Importantly, however, while Microcystis densities were significantly reduced by initial treatment with
H2O2, it often remained one of the most abundant cyanobacterial genera in experiments where it
dominated and was never fully eliminated. Microcystis commonly forms large globular colonies
with cells embedded in and surrounded by polysaccharide mucous [23]. The extracellular polymeric
substances of this mucous have strong H2O2 scavenging abilities and provide an antioxidant buffer for
the cells within [24]. This additional protection may partly explain the perseverance of Microcystis
during experiments. In addition, it has been shown that some strains of Microcystis incapable of
microcystin synthesis have high levels of thioredoxin and peroxiredoxin, enzymes involved in H2O2

degradation [19] making these strains more likely to survive repeated H2O2 doses than toxic strains.
Hence, the persistence of Microcystis may be partly facilitated by shifts among differing strains.

The relative H2O2 resistance of Cylindrospermopsis among cyanobacteria may be due, in part,
to their ability to produce superoxide dismutase, catalase, and ascorbate peroxidase [25]. The ability
to produce ascorbate peroxidase in Cylindrospermopsis is somewhat unique, as it was believed to be
lacking in other cyanobacteria, and therefore contributes to the reduced effectiveness of peroxide
against this genus [17,20]. In addition, Cylindrospermopsis can produce single cell akinetes which it uses
to survive unfavorable conditions [26]. Akinete production may also account for differences between
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gene detection and microscopic counts where Cylindrospermopsis reduced was below microscopic
detection, as the visible trichomes may have fragmented into akinetes or small, morphologically
unidentifiable fragments [27]. It is unlikely the 16S rDNA of Cylindrospermopsis persisted after the cells
were destroyed by H2O2, as DNA often degrades within 24 h in freshwater [28,29].

Planktothrix dominated the Lake Agawam experiment that was examined in detail and displayed
the largest relative decline in sequenced abundance of any microbe, dropping from 94% to 17% in
the H2O2 treatment. In the Roth Pond experiment, Planktothrix increased slightly in relative and
absolute abundance of sequences but was below detection levels in microscopic counts. H2O2 has
been shown to be effective in controlling Planktothrix in lakes and ponds at similar concentrations
to those used here [11,30,31]. This experiment where Planktothrix declined by nearly 80% in relative
abundance was also the only instance when the sequenced relative abundance of Microcystis among
the cyanobacteria increased following treatment with H2O2, despite its absolute decline, supporting
the hypothesis that Planktothrix is more sensitive to H2O2 than Microcystis [30,32], and in assessing all
available literature [11,31,32], may be the most sensitive of the cyanobacterial genera to H2O2.

The collective response of these experiments leads evidence to support an ‘open niche’
hypothesis [33]. with regard to the effects of H2O2 on cyanobacteria. While different cyanobacteria are
likely differentially sensitive to H2O2, it also seems that the effects of H2O2 are somewhat conditional
upon the original community composition. That is, in many cases the dominant cyanobacterial
genus is most reduced by H2O2, perhaps by providing the most organic surface area for the H2O2

to react with, allowing genera at lower relative abundances to fill the niche left open by the formerly
dominant genera.

3.3. Heterotrophic Bacteria

The net effect of H2O2 on bacteria during this study was inconclusive, as concentrations
of heterotrophic bacteria were significantly lower than the control in one of three experiments,
and significantly higher in another. In contrast, high throughput sequencing of 16S rDNA revealed
that, beyond with changes in total bacterial densities, there were pronounced shifts within prokaryotic
communities following treatment with H2O2. The prokaryote taxa identified here were categorized
at the phylum level; some traits discussed below may not be indicative of all taxa within a phylum,
especially for the very diverse Proteobacteria, but offer some insight to potential strategies employed.

Consistent with fluorometric and microscopic evaluations, the sequenced relative abundance of
cyanobacteria made up an average 18 ± 9% of initial abundances and was significantly reduced in two
of three experiments. The relative abundance of Actinobacteria, which made up an average 11 ± 3% of
initial abundances, was likewise reduced in two of three experiments of experiments, demonstrating
that strains of bacteria within this phylum are susceptible to H2O2. In lakes, Actinobacteria are small,
thin walled, free-living ultramicrobia (< 0.1µm3) that are abundant in the epilimnion [34]. Actinobacteria
are obligate aerobes [35], and densities decrease with decreasing oxygen levels and depth [34,36].
They are defense specialists that are relatively resistant to grazing, but have slow growth rates compared
to other bacteria [34,37]. These slow growth rates may make them less likely to recover from initial
populations declines induced by H2O2.

Planctomycetes and Verrucomicrobia, which have a close phylogenetic relationship [38], made up
a smaller portion of the total bacterial community (< 5%) but also appeared susceptible to H2O2,

significantly decreasing in sequenced relative abundance in two of three experiments, and in all
experiments, respectively. Verrucomicrobia are usually found throughout the water column and are
associated with high-nutrient environments and algal blooms [34]. Prior mesocosm experiments have
shown Verrucomicrobia to strongly increase in response to Microcystis degradation [39]. Planctomycetes
similarly are capable of breaking down high-molecular weight organic compounds [40,41]. Both phyla
are also capable of producing bifunctional catalase-peroxidases [42]. Peroxide resistance, benefitting
from organic carbon, and declining Microcystis abundances should have all theoretically promoted
these groups. The absence of such a response in their sequenced relative abundance may have been a
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function of a larger increase or lesser decline in other bacterial groups or a stronger negative effect of
H2O2 relative to any benefit derived from algal organic matter.

Proteobacteria increased significantly in sequenced relative abundances in one of three experiments.
Proteobacteria were one of the most abundant prokaryotes, making up 30 ± 8% of initial abundances.
Proteobacteria have a relatively short generation time, allowing them to respond rapidly to changing
conditions [34] and are copiotrophic, able to assimilate small organic acids as well as degrade complex
organic compounds [34,40,41]. Proteobacteria also contain catalase-peroxidases and manganese catalases
that protect them from oxidative stress [42].

The average initial relative abundance of Bacteroidetes was 27 ± 4%, and values were significantly
higher following H2O2 exposure in two of three experiments. Bacteroidetes are usually particle
associated and chemoorganotrophic [34], and are capable of degrading complex, high-molecular
weight organic compounds [34,40,41]. Bacteroidetes become abundant when DOC or algae-derived
DOC are high [34], and Bacteroidetes abundances often increase during the degradation of Microcystis
blooms [39]. Their ability to benefit from H2O2 in two experiments and to be unaffected in a third
may relate to their exploitation of DOC released by lysing cyanobacteria and/or their association with
particles that might scavenge some H2O2 and thereby protect attached cells.

The findings presented here contrast slightly with Lin et al. (2018) who similarly performed
mesocosm experiments and analyzed the 16S rDNA for bacterial community shifts in response to 8mg
H2O2 L−1. While Firmicutes increased in sequenced relative abundance in that study, Proteobacteria and
Bacteroidetes were reduced [32], whereas these two groups increased or were generally unchanged in
the present study. Those results, however, emanated from a single experiment that was performed in
winter in Dianchi Lake, China, where the temperature was 10 ◦C [32]. Moreover, changes in relative
abundance can be complex as changes in relative abundance of any one group is also dependent on the
response of other groups.

3.4. Comparison Among Ecosystems

The reactivity of H2O2 is influenced by its rate of decay, which can be affected by
oxidation-reduction processes and the organic matter content of water bodies [43,44]. The nearest
measure of organic matter concentration this study performed was algal biomass. Georgica Pond
samples had the lowest total biomass with a concentration of 97 µg Chla L−1, and a cyanobacterial
biomass of 73 µg Chla L−1, which was reduced 99.8% by H2O2. Lake Agawam was the next densest,
with an average total biomass of 164 µg Chla L−1, 138 µg Chla L−1 of which was cyanobacteria,
which was reduced by 53%. Mill Pond experiments had an average total biomass of 267 µg Chla L−1,
with an average cyanobacterial concentration of 241µg Chla L−1, which was reduced by 96%. Roth Pond
was the densest and most mixed, with an average total biomass of 486 µg Chla L−1, and an average
cyanobacterial concentration of 140 µg Chla L−1, which was reduced by 67%. Across these four systems,
there was no significant relationship between effectiveness of H2O2 in reduction of cyanobacterial
biomass and total biomass (Figure 8a), and, therefore, other factors may have had a greater influence
on efficacy. For some individual systems, specifically Lake Agawam and Roth Pond, increasing levels
of algal biomass were significantly correlated with decreasing reductions on cyanobacterial biomass
during H2O2 treatments (Lake Agawam, p < 0.005, Figure 8b; Roth Pond, p < 0.001, Figure 8c), meaning
H2O2 became less effective at controlling cyanobacteria as total algal biomass increased. This trend was
not detected in water from Mill Pond or Georgica Pond. Regardless, the findings for Lake Agawam
and Roth Pond samples suggest that the efficacy of H2O2 in controlling cyanobacteria can depending
on the levels of total algal biomass, but that the relationship is partly conditional upon other factors
that may differ independently across ecosystems including levels of total organic carbon in the water
column and the inventory of organic matter within sediments.
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Figure 8. Regression plots for percent cyanobacterial reduction per initial unit biomass (µg Chla L−1)
following the addition of 4 mg L−1 H2O2 for all experiments (a), Lake Agawam experiments (b),
and Roth Pond experiments (c).

Across all experiments, initial reductions in cyanobacterial biomass persisted during the
four-to-seven-day incubations. Other long-term studies from lakes and wastewater stabilization
ponds dominated by Planktothrix found the effects of H2O2 persisted for five to seven weeks [11,31],
and in a mixed assemblage of Microcystis and Planktothrix persisted for three weeks [17]. Longer
observations would be required to determine the ability of the cyanobacteria to recover and the time
frame within which such a recovery would occur.

4. Conclusions

This study demonstrated that H2O2 administered at a moderate dose (4 mg L−1) consistently
inhibits cyanobacteria and promotes the growth of eukaryotic algae, primarily green algae.
H2O2 significantly reduced heterotrophic bacterial densities, with the phylum Actinobacteria most
consistently reduced. Other bacterial phyla also declined, but were relatively less impacted, potentially
due to their antioxidant enzymes and recovery fueled by use of cyanobacterial-derived organic
matter, with some phyla increasing in relative abundance following the addition of H2O2. H2O2 did
not successfully reduce cyanobacteria levels below detection or guidance levels in a majority of
experiments at the concentrations used here (4 mg L−1). While the elimination of cyanobacteria might
have been achieved with higher doses of H2O2, prior research has suggested that such levels may
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cause collateral damage on non-target organisms [11,12]. The use of bottle experiments here, however,
likely maximized contact between H2O2 and the plankton community, while minimizing scavenging
by sediments. Future, larger scale and whole ecosystem experiments may provide deeper insight
with regard the true effect and effectiveness of H2O2 in altering plankton community structure and
mitigating cyanobacterial blooms.

5. Materials and Methods

Bottle incubation experiments were performed within four study systems: Georgica Pond (latitude,
longitude = 40.938671, −72.230216), Mill Pond (40.914848, −72.358037), Lake Agawam (40.875074,
−72.391942), and Roth Pond (40.911734, −73.123772). Lake Agawam, Mill Pond, and Georgica Pond
are shallow (2–3 m) natural freshwater (Lake Agawam, Mill Pond) or brackish (Georgica Pond; salinity
0–20 PSU) water bodies located on Long Island’s south shore and are 0.24 km2, 0.49 km2, and 1.17
km2, respectively, and known to experience repeated cyanobacterial blooms [45,46]. Roth Pond is a
man-made, 3 × 10−3 km2, 1 m deep water body on the campus of Stony Brook University, in Stony
Brook, NY, USA.

This study presents 11 experiments performed in two rounds (Table 1). The first round of
experiments consisted of three experiments from Lake Agawam, three experiments from Mill Pond,
one experiment from Roth Pond, and one experiment from Georgica Pond that were evaluated for
changes in phytoplankton communities in response to H2O2 using a bbe Moldaenke (Kiel, Germany)
Fluoroprobe. The second round of experiments were performed at Lake Agawam, Mill Pond, and Roth
Pond and involved in-depth and detailed investigations of the prokaryotic and eukaryotic plankton
communities’ responses to H2O2 using fluorometry, microscopy, flow cytometry, and high-throughput
amplicon sequencing.

Table 1. Overview of experiments and analysis performed for each waterbody.

Waterbody Dates Analysis

Lake Agawam

7/21/16
10/20/16

6/9/17
Fluorescence only

10/3/16 Full1

Mill Pond

7/21/16
10/20/16
6/30/17

Fluorescence only

10/3/16 Full1

Georgica Pond 7/21/16 Fluorescence only

Roth Pond
6/9/17 Fluorescence only
6/30/17 Full1

1 Fluorescence, microscopy, flow cytometry, DNA sequencing.

Surface water was collected using 20 L carboys from each site experiencing a cyanobacterial bloom
defined as > 25 µg Chla L−1 from cyanobacteria as quantified on a bbe Fluoroprobe according to the
(NYSDEC; details below). Bloom water was transferred from the carboys into 4-L polycarbonate bottles
using acid-washed Tygon tubing placed at the bottom of the bottle to reduce bubbling and disturbance
of the plankton. Each bottle experiment consisted of two treatments, with three replicate bottles each:
an unamended control, and 4 mg H2O2 L−1 treatment achieved via the addition of a 3% w/v H2O2

solution. These H2O2 levels have been previously shown to reduce levels of Planktothrix but not
eukaryotes in a matter of days in European lakes [11,12]. Bottles were incubated for four-to-seven days
under ambient light and temperature conditions in an outdoor flow-through table, constantly flushed
with water from Old Fort Pond, Southampton, NY, which maintains water temperatures comparable to
the shallow lakes and ponds studied here (Figure 9). Initial and final timepoint samples were obtained

152



Toxins 2020, 12, 428

and preserved for microscopy (5% Lugol’s iodine), flow cytometry (10% buffered formalin stored at
−80 ◦C), and the extraction of DNA (50 mL onto a 0.2 µm, 47 mm Isopore polycarbonate filter frozen at
−80 ◦C). Lugol’s iodine preserved samples were analyzed using a Sedgewick Rafter slide to quantify
cyanobacteria at the genus level as well as eukaryotic algae that were broadly categorized as unicellular
green algae (chlorophytes) or diatoms. Formalin-preserved samples were used to quantify the
abundances of phycocyanin-containing pico-cyanobacteria, pico- and nano-eukaryotic phytoplankton,
and SYBR Green I-stained heterotrophic bacteria on a CytoFLEX flow cytometer (Beckman Coulter,
Indianapolis, IN, USA) based on fluorescence patterns and particle size [47]. Pico-cyanobacteria are
identified here as Cyanobium based on high-throughput sequencing identification results. Fluorescence
measurements were made on initial and final live samples on a BBE Fluoroprobe which categorizes
algal biomass (Chla) based on the fluorescence signatures of green algae, cyanobacteria, and unicellular
brown algae (diatoms, dinoflagellates, raphidophytes) [48]. Whole-water samples (1 mL) were collected
and frozen for one experiment for analysis of the cyanobacterial toxin, microcystin, via an Abraxis
Microcystins ELISA assay which included lysing cells for a total concentration [49]. Differences between
treatments and controls for each parameter measured in the experiments were assessed via a one-way
ANOVA. Values below detection were entered as zero.

Figure 9. Outdoor flow-through table, and 4 L bottles used for incubation experiments. Example of
pigment change between control and H2O2 treatments.

DNA Extraction, Sequencing, and Analysis

DNA barcoding analysis was performed to assess changes in community composition of
cyanobacteria and other prokaryotes. Samples were initially heated in a water bath to 65◦ for
10 min to aid in lysing, and extractions were performed using a Qiagen DNeasy® PowerWater®

Kit. Double-stranded DNA was quantified on a Qubit® fluorometer using a dsDNA BR Assay kit.
Aliquots were normalized to an equal quantity of DNA, and sent to Molecular Research Laboratories
(Shallowater, TX, USA) for amplicon sequencing. Paired-end sequencing was performed on an Illumina
MiSeq (2 × 300bp) following the manufacturer’s guidelines. The 16S rRNA gene V4 variable region
(~252bp) was amplified using universal primers 515F: 5’-GTG YCA GCM GCC GCG GTAA-3′ [50]
and 806RB: 5´-GGA CTA CNV GGG TWT CTA AT-3′ [51]. For each sample, an identifying barcode
was placed on the forward primer and a 30 cycle PCR using the HotStarTaq Plus Master Mix Kit
(Qiagen, Valencia, CA, USA) was performed. The following PCR conditions were used: 94 ◦C for 3
min, followed by 28 cycles of 94 ◦C for 30 s, 53 ◦C for 40 s and 72 ◦C for 1 min, and a final elongation
step at 72 ◦C for 5 min. Samples were purified using calibrated Ampure XP beads and subsequently
used to prepare an Illumina DNA library.

Sequence data was processed using the Quantitative Insights into Microbial Ecology QIIME 1
(v1.9.1) and QIIME 2 (v2019.1.0) following the “Moving Pictures” pipeline (QIIME, http://qiime.org; [52]).
Raw sequences were depleted of sample barcodes in QIIME 1. Paired-end reads were demultiplexed
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in QIIME 2 using the DEMUX plugin, and were depleted of primers using the Cutadapt Plugin.
The library was filtered for chimeric sequences, denoised and dereplicated using the DADA2 plugin.
A naïve Bayes classifier was trained using the SILVA rRNA (16S SSU) v132 reference database at 99%
similarity, and was used with the q2-feature-classifier and classify-sklearn plugins to assign taxonomies.
The dataset was filtered to remove mitochondria and chloroplast features. Prokaryotic OTUs were
examined at the phylum level and were expressed as relative abundance of each. Cyanobacteria OTUs
were then examined at the genus level, also expressed as relative abundance. For each set, prokaryote
OTUs and cyanobacteria OTUs, relative abundances exceeding 5% were compared, and the remaining
were grouped as “other”. Statistical analysis of diversity, as well as shifts in relative abundance were
performed in QIIME 2. Absolute abundances of cyanobacterial genera were estimated by multiplying
the Fluoroprobe quantified levels of cyanobacterial fluorescence by the relative abundance of each
genera exceeding 5% of the total OTU reads. Raw sequencing data was deposited to the NCBI Sequence
Read Archive (SRA) under accession number PRJNA642309.
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Abstract: Fresh-water sources of drinking water are experiencing toxic cyanobacterial blooms more
frequently. Chemical oxidation is a common approach to treat cyanobacteria and their toxins.
This study systematically investigates the bacterial/cyanobacterial community following chemical
oxidation (Cl2, KMnO4, O3, H2O2) using high throughput sequencing. Raw water results from
high throughput sequencing show that Proteobacteria, Actinobacteria, Cyanobacteria and Bacteroidetes
were the most abundant phyla. Dolichospermum, Synechococcus, Microcystis and Nostoc were the
most dominant genera. In terms of species, Dolichospermum sp.90 and Microcystis aeruginosa were
the most abundant species at the beginning and end of the sampling, respectively. A comparison
between the results of high throughput sequencing and taxonomic cell counts highlighted the
robustness of high throughput sequencing to thoroughly reveal a wide diversity of bacterial
and cyanobacterial communities. Principal component analysis of the oxidation samples results
showed a progressive shift in the composition of bacterial/cyanobacterial communities following
soft-chlorination with increasing common exposure units (CTs) (0–3.8 mg·min/L). Close cyanobacterial
community composition (Dolichospermum dominant genus) was observed following low chlorine
and mid-KMnO4 (287.7 mg·min/L) exposure. Our results showed that some toxin producing species
may persist after oxidation whether they were dominant species or not. Relative persistence of
Dolichospermum sp.90 was observed following soft-chlorination (0.2–0.6 mg/L) and permanganate
(5 mg/L) oxidation with increasing oxidant exposure. Pre-oxidation using H2O2 (10 mg/L and one
day contact time) caused a clear decrease in the relative abundance of all the taxa and some species
including the toxin producing taxa. These observations suggest selectivity of H2O2 to provide an
efficient barrier against toxin producing cyanobacteria entering a water treatment plant.

Keywords: cyanobacteria; diversity; oxidation; high throughput sequencing; Dolichospermum;
Microcystis

Key Contribution: This study provides a diversity assessment of cyanobacterial bloom following
oxidation. Changes, shifts and oxidant persistence potential of cyanobacterial community during
oxidation were quantified and reported.
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1. Introduction

The occurrence of cyanobacterial blooms in fresh-water bodies has been enhanced due to
eutrophication and temperature increases [1,2]. Cyanobacterial blooms may produce and release taste
and odour compounds as well as cyanotoxins into water bodies. More than 40 species of cyanobacteria
are known as potentially toxic species [3,4]. Microcystin (MC), anatoxin (ATX-a), saxitoxin (STX),
cylindrospermopsin (CYN) and β-Methylamino-L-alanine (BMAA) are the five major groups of
cyanotoxins due to their toxicity and frequent occurrence around the world [5].

Conventional drinking water treatment plants are often challenged by the removal of cyanobacteria
and cyanotoxins [6–9] including both low risk (low cell numbers in the source) and high-risk water
treatment plants (high cell numbers in the source). Several studies have evaluated the removal of
the cyanobacteria and their harmful metabolites using different oxidants such as chlorine, ozone and,
potassium permanganate [10–15]. Pre-oxidation dampens the cyanobacterial shock before entering
the drinking water treatment plant and can limit the accumulation of cyanobacteria within the plant.
Chlorine and ozone are also used as primary disinfectants providing an additional oxidation barrier
after the filtration to remove cyanobacterial harmful metabolites (cyanotoxins) [16,17].

Dynamic and complex behaviour of cyanobacterial blooms, including cyanotoxin production
and release under various environmental conditions represents a treatment challenge. The oxidation
efficiency of cyanobacteria blooms may vary according to water quality parameters (such as pH,
Dissolved Organic Carbon (DOC) and the presence of other bacterial communities), cyanobacterial
community shape, potential agglomeration, and the growth phase [14,18–20]. Cyanobacteria treatment
efficiency improvement requires an understanding of the cyanobacterial composition structure in
response to treatment processes [21]. Molecular methods have been used to study the fate of the
microbial community, including cyanobacteria, within different conditions [5,22]. Molecular methods
can overcome the challenges of microscopic cell counts such as time and qualified person requirements,
as well as changes in biovolumes during analyses [23–25].

Molecular methods such as high throughput sequencing have been deployed to study
cyanobacterial communities and identify cyanotoxin biosynthesis genes [5,26–34]. Diversity of
the cyanobacterial community and toxigenic cyanobacteria was assessed based on the Operational
Taxonomy Units (OTUs) derived from 16S rRNA gene amplification (metabarcoding) [5]. Limited
studies have applied high throughput sequencing to monitor the fate of cyanobacteria during the
treatment processes. Xu, Pei [35] studied the microbial community of the sludge in six different
drinking water treatment plants using high throughput sequencing. Results showed that cyanobacteria
were the most dominant phylum in two treatment plants with a higher level of nutrients in raw water.
Planktothrix, Microcystis and Cyindrospermopsis were the most abundant genera and were positively
correlated with the nutrient levels in raw water. Pei, Xu [36] used 16S rRNA sequencing to study
the shifts in the microbial community in clarifier sludge following coagulation by FeCl3, AlCl3 and
PAFC (Polyaluminium Ferric Chloride). Results revealed selective removal of the different bacterial
species, as the relative abundance of the Microcystis, Rhodobacter, Phenylobacterium and Hydrogenophaga
decreased in AlCl3 sludge compare to the FeCl3 and PAFC. Lower Microcystis abundance could
be related to high Al toxicity or large and high-density floc in FeCl3 and PAFC, which plays a
protective role for microorganisms [36]. Lusty and Gobler (2020) used 16S rRNA to evaluate the
mitigation of cyanobacterial blooms using H2O2. Results showed relative persistence of Cyanobium and
Cylindrospermopsis to a moderate H2O2 dose (4 mg/L); Plankthotrix and Microcystis (abundant genus)
were the most sensitive genera, respectively [37].

High throughput sequencing has been widely applied to study bacterial/cyanobacterial
communities. Fewer studies focused on the diversity of bacterial/cyanobacterial communities during
water treatment processes. However, no study has focused on the cyanobacterial community following
chemical oxidation using high throughput sequencing. Understanding the shifts and the potential
selective persistence in cyanobacterial communities following oxidation is important for choosing
an efficient oxidant. Thus, the objective of this study was to assess the structural composition of the
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cyanobacteria community following oxidation (with Cl2, O3, KMnO4, H2O2) using high throughput
metagenomic shotgun sequencing over the seasonal bloom period.

2. Results and Discussion

2.1. Cyanobacterial Bloom Characteristics Throughout Sampling

The cyanobacteria bloom samples were collected on 5 days of the bloom period (1, 13, 15, 21 and
29 August 2018) from Missisquoi Bay (Lake Champlain) close to the water intake of the drinking water
treatment plant. Cyanobacterial bloom characteristics are presented in the Table 1. DOC (Dissolved
Organic Carbon) and pH did not demonstrate considerable variation throughout the sampling period.
Total cell counts and biovolumes follow the same decreasing and increasing trend during the sampling
period. For both parameters, the highest values were found at the beginning of the sampling period
(1 August), followed by a significant drop on 13 August, where cyanobacterial cell counts decreased
from 3.3 × 105 to 7.8 × 104 cells/mL and the biovolumes from 30.6 mm3/L to 4.6 mm3/L. The second
drop was observed between 15 August and 21 August, from 1.4 × 105 to 6.8 × 104 cells/mL for cell
count and from 9.4 to 0.3 mm3/L for the biovolume. According to algal cell abundance descriptors
(biovolume and cell counts) during the bloom period, the main peaks of cyanobacterial bloom occurred
on 1 August and to a lower extent on 15 August. The observed cell count exceeds the alert level
of the 6.5 × 104 cells/mL for drinking water treatment plants [38], except for the 29 August with
5.4 × 104 cells/mL.

Table 1. Cyanobacterial bloom characteristics.

Sampling Date DOC (mg/L) pH Cell Count (cells/mL) Biovolume (mm3/L)

1 August 2018 5.9 7.6 3.3 × 105 30.6
13 August 2018 5.8 7.3 7.8 × 104 4.6
15 August 2018 5.5 7.4 1.4 × 105 9.4
21 August 2018 4.9 7.4 6.8 × 104 0.3
29 August 2018 5.6 7.5 5.4 × 104 2.1

2.2. Variation of the Cyanobacterial Bloom Composition

The diversity and community variation of bacterial and cyanobacterial communities during the
bloom sampling period were studied using comparative metagenomics reads levels of phylum, order
and genus. The number of reads for taxonomic data was normalized by relative abundance (Figure 1).

Analysis of relative abundance of the bacterial community at the phylum level, based on high
throughput sequencing data, showed that Proteobacteria, Actinobacteria, Cyanobacteria, Bacteroidetes,
Firmicutes and Verrucomicrobia were the six most abundant phyla throughout the sampling period
(Figure 1a). As expected, Proteobacteria was by far the most abundant phylum at the beginning of
the sampling period (1 August) as has been observed by Pei et al. (2017) [36]. The high relative
abundance of Proteobacteria, especially in the beginning of sampling and Bacteroidetes at the end of
the sampling period, may indicate contamination of the sampling point with human/animal-associated
fecal markers [39–41]. For the rest of the sampling dates (13, 15 and 21 August), Proteobacteria
remained the predominant phylum, but at a lower extent than what was observed in the first and
last days of sampling. The cyanobacteria phylum accounts for 5 to 10% of total relative abundance
assigned to the phylum level in all samples. The cyanobacteria relative abundance started at 5% of the
phyla, followed by an increase in the middle of the sampling (13 August and 15 August) to 10%. By the
end of August, the cyanobacterial contribution in the whole bacterial community decreased to 5%.

161



Toxins 2020, 12, 728

–

Figure 1. Identity of major detected bloom-associated cyanobacterial community members during
the sampling period: (a) relative abundance of the different phylum, (b) the relative abundance of
orders belonging to cyanobacterial phylum, (c) relative abundance of genera belonging to the Nostocales,
Chrooccocales and Oscillatoriales orders.

At the order level, the cyanobacterial community was dominated by members of the Chroococcales,
Nostocales and Oscillatoriales during the cyanobacterial bloom period (from 1 August and 29 August)
(Figure 1b). The relative abundance of the Nostocales and Chroococcales varied between the different
dates and even within the same day (15 August). On the other hand, Oscillatoriales relative abundance
remained steady (Figure 1b).

Analysis at the genus level showed that within the Chroococcales order, the predominant genera
were Microcystis and Synechococcus. Synechococcus was the dominant genus within Chroococcales until
21 August of the sampling period, followed by Microcystis, which became the dominant genus on
29 August (Figure 1c). The predominant genera in the Oscillatoriales and Nostocales orders were
Oscillatoria and Dolichospermum (formerly known as Anabaena), respectively (Figure 1c). Depending
on the sampling date, Synechococcus, Microcystis and Dolichospermum were the predominant genera
during the bloom period. Our observations are consistent with short/long term investigations
of cyanobacterial bloom dynamics using taxonomic cell count and metagenomics [14,21,42–44].
Microcystis and Dolichospermum share a spatio-temporal niche during blooms and often are dominant
within the cyanobacterial community, but have distinct environmental preferences; for example,
they have different responses to nutrients [45–47]. During this study, the abundant genus shifted
from Nostocales members, dominated by Dolichospermum for the first three weeks, to the Microcystis
genus by the end of the sampling period (29 August). The shift to Microcystis dominance can
probably be attributed to species-specific associations between Microcystis spp. and associated
bacteria referred to as the epibiont phenomenon. Some species within Proteobacteria, Bacteroidetes and
other phyla can shelter in the Microcystis mucilage to avoid being grazed [48]. These species play
essential roles in enhancing the environmental adaptation of Microcystis within the cyanobacterial
bloom, like maintaining redox balance and coping with oxidative stress [48]. Our results are in
accordance with the previously reported results that Proteobacteria, Bacteriodetes tend to dominate
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in the Microcystis mucilage (blooms and culture-dependent studies) [49,50]. Moreover, allelopathy
may influence the successional dominance of Microcystis and Dolichospermum within aquatic systems,
whereby organisms produce bioactive compounds (allelochemicals) in the environment to positively
or negatively influence the growth of neighboring species [51]. The effects of these allelochemicals
on cyanobacterial community distribution within the environment are connected with nutrient
availability and environmental conditions [52–54]. Competition experiments between toxic Microcystis
and Dolichospermum strains, based on the lab coculture-dependent method, showed that Microcystis
significantly inhibited the growth of Dolichospermum, whereas the effects of Dolichospermum on
Microcystis were minimal [53,55]. Dolichospermum biovolume and biomass were sharply reduced after
exposure to Microcystis strains [56]. Further investigation is required to explain the interaction and
succession of Microcystis and Dolichospermum in cyanobacterial blooms.

An interesting insight was gained considering within-day changes in bacterial community
composition (morning—AM and afternoon—PM) for 15 August (Figure 1). Based on the relative
abundance analysis, a shift in bacterial composition at the phylum level was observed between the two
samples on 15 August. In the afternoon, Proteobacteria and Actinobacteria increased, while Bacteroidetes
and Cyanobacteria decreased as compared to their initial composition at the start of the sampling in
the morning. At the order level, the most abundant order shifted from Nostocales in the morning to
Chroococcolas in the afternoon. At the genus level, the changes were more evident for Synechococcus
(increase) and Dolichospermum (decrease). These within-day changes in bacterial composition reflect
the variation in stratification and mixing patterns of the cyanobacterial community in Missisquoi
bay, as shown by Ndong et al. (2014) Ndong, Bird [57]. These findings highlight the importance of
timing the sample collection by considering the stratification variation in the diel cycle (morning,
noon, afternoon).

2.3. Impact of Oxidation on Cyanobacterial Diversity

The impact of oxidation on cyanobacterial diversity was assessed by using the impact of increased
CT (the terminology used in water treatment is CT, which represents the product of the oxidant
concentration (C) and contact time (T) to inactivate microorganisms) on two different samples, first on
1 August, dominated by Dolichospermum and the second on 29 August dominated by the Microcystis
genus. The oxidants considered Cl2, KMnO4, O3, H2O2 differ widely in their mode of action and their
persistence [58]. As a result, CT values may vary over three orders of magnitude from 0.1 mg·min/L
Cl2 and a maximum of 7035 mg·min/L for H2O2.

Using non-normalized data is a source of bias in statistical analyses of the effects of oxidants on
the bacterial/cyanobacterial communities. Thus, the data were normalized prior to analysis. Using
the common exposure unit (CT) is not representative to compare the effects of different oxidants
simultaneously. A normalized oxidant exposure (relative CT) is used to compare different oxidants
among each other (Relative CT for each oxidant; max CT = 1 and min CT = 0, the exposure points
in between were calculated accordingly); for example, max CT obtained for H2O2, on 1 August,
is 7035 mg·min/L and is considered as relative CT = 1, the control condition is considered as relative
CT = 0.

The doses (concentration) and contact time (T) were selected using the product CT, which
is the foundation of disinfection and oxidation in drinking water. The choice of CT also
considered prior evidence showing differences in species’ resistance to the oxidant exposure
(CT) [6,10,12,14–16,18,42,59,60]. However, all previously reported observations were based on
taxonomic cell counts and not on high throughput sequencing. The applied dosages reflect drinking
water industry practices using regulated treatment processes.
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2.3.1. Cyanobacterial Composition

To assess the cyanobacterial bloom composition following oxidation using KMnO4, Cl2 and H2O2,
samples were taken on 1 August (Figure 2) and 29 August (Figure S1). Dolichospermum and Microcystis
were the dominant genera on 1 August and 29 August, respectively.

’ –

 
Figure 2. Principal components analysis (PCA) of the normalized relative abundance of comparative
metagenomics reads in 1 August sample. Data are plotted following the genus-level classification (a)
PCA analysis of bacterial community following oxidation using different common exposure units (CT),
(b) PCA of the cyanobacterial community following oxidation using different CT.

Figure 2 shows the dissimilarity among groups of bacterial communities following oxidation at
different exposures (relative CT) using Principal Component Analysis (PCA) on 1 August. Samples
that appear more closely together within a PCA are assumed to be more similar in bacterial and
cyanobacterial composition (Figure 2). For the bacterial community, principal axis one and principal axis
two for PCA represent 51.5 and 31.4% of the variation among the samples, respectively. High-relative
CT exerted clustering of two groups, the first one includes samples after Cl2 and KMnO4 oxidation
and the second one encompasses KMnO4 and H2O2 oxidation. Chlorinated samples showed a clear
progressive shift (as the relative CT increased) in the bacterial community.

On the other hand, the KMnO4 and H2O2 induce large shifts as relative CT increases. Bacterial
and cyanobacterial composition similarity following the different oxidation on 29 August (Microcystis)
is presented in Figure S1. Like the 1 August result, a large shift in the bacterial community composition
following H2O2 oxidation was observed for 29 August. On the other hand, KMnO4 results showed
similar bacterial composition on 29 August.

For the cyanobacterial community (1 August), principal axis one, and principal axis two for
PCA represent 74.4 and 19.8% of the variation among the samples, respectively (Figure 2b). A clear
trend in the cyanobacterial composition variation is observed following chlorination. Cyanobacterial
composition after exposure to Cl2 (low relative CT < 0.05), KMnO4 (low and high relative CT), H2O2

(low relative CT = 0.08) oxidation clustered in the same group with the control condition. High-relative
(CT= 1) using H2O2 and (mid-relative= 0.53) KMnO4 are grouped in a distinct second cluster, revealing
similar cyanobacterial assemblages. This is in contrast with cyanobacterial/bacterial community trends
following chlorination that display a progressive shift. Differences between the observed trends for the
three oxidants were expected because of different mechanisms of actions and kinetics, persistence and
selectivity. Cell count based studies show progressive shifts following oxidation [12,14]. Moreover,
selective cyanobacteria oxidation has been demonstrated in the lab [11,60], in the field [37,61], and in
drinking water treatment plants [8,62].

Our results enlighten the different oxidation impacts on the bacterial community between the Cl2
and H2O2 oxidation. For 29 August, which was dominated by the Microcystis genus, KMnO4 results
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revealed similar cyanobacterial composition. However, a large variation in cyanobacterial composition
following H2O2 was observed (e.g., the samples from the 1 August, Figure 3).

Figure 3. Redundancy analysis (RDA) of oxidant effect on cyanobacterial diversity and the
cyanobacterial community at genus level Cl2 (0.6 mg/L), KMnO4 (5 mg/L), H2O2 (10 mg/L) (a)
1 August 2018 (b) 29 August 2018.

Redundancy analysis (RDA) was used to explore the correlation between the relative abundance
of nine dominant cyanobacterial genera (60% of the cyanobacterial community) observed in 1 August
or 29 August samples and the different oxidant exposures (Figure 3). The relationship between the CT
and diversity indexes (Shannon and Chao1) varies between the two dates. On 1 August, both diversity
indices increase with CT, while on 29 August only the Richness index (Chao1) increased with CT.
In general, the diversity of the cyanobacterial community increased due to oxidation of the dominated
genus, as discussed further in detail for each oxidant.

For 1 August (Dolichospermum dominant), RDA analysis establishes an inverse correlation between
the Dolichospermum genus and a wide range of chlorine exposures with relative CT > 0.04. Chlorination
appears to have a lesser impact on the Dolichospermum genus than the Microcystis, possibly because
of its abundance. On the other hand, no such relationship is observed between Dolichospermum and
KMnO4 exposure (relative CT = 1) and high H2O2 exposure (relative CT = 1), suggesting that these
oxidants at these exposure levels had a negative impact on the Dolichospermum genus persistence
within the community. Furthermore, for KMnO4 at relative CT > 0.53, Microcystis, Synechococcus,
and Leptolyngbya are less impacted by oxidation. Figure 3b shows the effect of the different oxidants
on the cyanobacterial community of 29 August, when Microcystis genus is dominant. An immediate
shift from the control is observed for all oxidants and for all relative CT. Unlike 1 August, the Shannon
diversity is no longer correlated with Dolichospermum. These differences could reflect the morphological
differences between the dominant genera (Microcystis vs. Dolichospermum) as a unicellular aggregate
that are less resistant to oxidation as compared to filaments [63]. Chlorine and KMnO4 exposures
had a low impact on Microcystis and Dolichospermum. On the other hand, any H2O2 exposure causes
a reduction in Dolichospermum and Microcystis, more so on 29 August. Removal of Microcystis using
H2O2 was shown by Lusty and Gobler. (2020) and is in accordance with our observations of diverging
correlation between Chao1 and Microcystis [37].

Figure S2 shows the cyanobacterial composition following oxidation at genus level. Results show
no significant variation in the relative abundance of Dolichospermum and Microcystis following Cl2,
KMnO4 oxidation. Thus, no relative persistence to oxidation was observed at the genus level. On the
other hand, high H2O2 exposure caused a decline in both Dolichospermum and Microcystis genus, which
demonstrates the effect of high H2O2 exposure on cyanobacterial removal.
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2.3.2. Effect of Oxidation on Cyanobacterial Community Richness and Diversity

The diversity of the cyanobacterial composition following oxidation (1 August) at the species level
is presented in Figure 4 (top 25 most abundant species). Dolichospermum sp.90 was the dominant species
in control conditions, and its relative abundance increases following chlorination and decreases after
KMnO4 and H2O2. Although no trends in relative abundance were seen at the genus level (Figure S2),
a similar trend can be seen for the three species present Dolichospermum sp.90, Dolichospermum cylindrica
and, Dolichospermum sp. PCC7108. Regardless of the oxidant Dolichospermum sp.90 remains the
dominant species. Following the KMnO4 and H2O2 oxidation, Dolichospermum sp.90 was still the
dominant species; its relative abundance declined compared to the control. The relative abundance
of Microcystis aeruginosa is not impacted by chlorine but increases with KMnO4 and H2O2 exposure,
confirming selective removal of Microcystis showed by Lusty and Gobler. (2020) [37].

 
Figure 4. Cyanobacterial species heat map following the oxidation using Cl2 (0.6 mg/L), KMnO4

(5 mg/L), H2O2 (10 mg/L) (1 August 2018).

In the 29 August samples, Microcystis aeruginosa was the most abundant species (Figure S3);
its relative abundance increased after chlorination and KMnO4 oxidation (as the chlorine exposure
increased) and decreased after H2O2 oxidation as compared to the control condition. Despite the very
low relative abundance of Dolichospermum sp.90, Dolichospermum cylindrica and Dolichospermum sp.
PCC7108, similar trends were observed on 1 August (when Dolichospermum was abundant).

The community richness and diversity indices for each treatment for 1 August and 29 August
samples are illustrated in Figure 5 and Figure S4. Shannon and Chao1 show a small decline following
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chlorination in comparison with the control, while they increase slightly following KMnO4 exposure.
The total cell numbers following KMnO4 decreased by up to 63% for high KMnO4 exposure (Figure S7).
A remarkable decrease in richness is observed at high relative CT of H2O2, while the diversity (Shannon
index) increases. The decline in the richness index could be the result of some less abundant species no
longer identified. Indeed, total cell counts following H2O2 relative CT = 1, decreased by more than
50% (Figure S6). The same trends in the alpha diversity measurements are observed in the last week of
the sampling (29 August), where the Microcysits were the most abundant genus (Figure S4).

Figure 5. Alpha diversity measures of the cyanobacterial community following oxidation Cl2 (0.6 mg/L),
KMnO4 (5 mg/L), H2O2 (10 mg/L) (1 August 2018).

2.4. Cyanobacterial Community Assessment Following Oxidation; Longitudinal Study

The induced changes of cyanobacterial composition structure following the oxidation (Cl2, KMnO4,
O3 and, H2O2) are assessed separately. The analysis was performed at the genus and species level.

2.4.1. Chlorination (Cl2)

The chlorination experiments were conducted on 1 August (Figure 6a), and 29 August (Figure 6b).
In the first chlorination trial (1 August), the abundant genera were Dolichospermum and Nostoc,
representing approximatively 20% and 10% of the cyanobacterial community, respectively (Figure 6a).
Figure 6 shows a limited effect of chlorination on the relative abundance of all cyanobacteria genera
except Synechococcus. In addition, taxonomic cell counts show decrease (up to 30%) in total cyanobacteria
cell counts for the trial on 1 August and limited variation for the 29 August trial (15% variation)
(Figure S5). In terms of the species, Dolichospermum sp.90 and Dolichospermum cylindrica were dominant
for the 1 August trial. For the 29 August trial, Microcystis aeruginosa was the dominant species, followed
by Dolichospermum sp.90 (Figure S6). In all trials, as chlorination exposure increased, the relative
abundance of the abundant species, either Dolichospermum sp.90 or Microcystis aeruginosa, increased
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slightly. Moreover, the relative abundance of Dolichospermum sp.90 increased as Microcystis aeruginosa
did on 29 August. Chlorination results show that Dolichospermum species and Microcystis aeruginosa
are relatively more persistent than the other species.

Figure 6. The relative abundance of the most abundant genus following chlorination (0.6 mg/L
and 0.2 mg/L) (a) 1 August 2018 (Dolichospermum genus abundant) (b) 29 August 2018 (Microcystis

genus abundant).

2.4.2. Potassium Permanganate (KMnO4)

The relative abundance of the different genera following oxidation using permanganate shows
limited variation for both KMnO4 tests (Figure 7). Total cell counts decreased (up to 57%) in the first
trial (1 August) and remained stable in the second KMnO4 trial (less than 1% variation) (29 August).
Total cell counts following the first KMnO4 trial showed a decrease at 278 mg·min/L (Figure S7).
The relative abundance of the Dolichospermum sp.90 increased slightly, whether it was the abundant
species or not, suggesting the relative persistence of the Dolichospermum sp.90 during KMnO4 oxidation
(Figure S8).
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Figure 7. Relative abundance of the most abundant genus following KMnO4 (5 mg/L) oxidation
(a) 1 August 2018 (Dolichospermum genus abundant) (b) 29 August 2018 (Microcystis genus abundant).

2.4.3. Ozonation (O3)

The first and second ozonation trials were performed on 15 August (Dolichospermum most
abundant genus) and 21 August (Synechococcus most abundant genus). Cyanobacterial community
results following ozonation in the second trial (at genus level—Figure 8) showed a decline of the
relative abundance of Synechococcus, followed by an increase for Microcystis, as compared to the control
condition. However, no significant variation was observed for the relative abundance of the different
genera in the first ozonation trials. Furthermore, total cyanobacteria cell counts revealed no significant
change for both ozonation tests (up to 15%) (Figure S9). In the control condition of the 15 August
ozonation trial, Microcystis aeruginosa was the dominant species, followed by Dolichospermum sp.90
(Figure S10). Dolichospermum sp.90 was not the dominant species, but it remained intact following
ozonation. Although Cyanobioum gracil and Synechococcus sp. were the dominant species in the
21 August trial control, Microcystis aeruginosa became the dominant species following ozonation. At the
low dosage applied, only secondary oxidation radical by-products are likely to react with cyanobacterial
cells. Under these soft ozonation conditions, unicellular Cyanobium gracil and Synechococcus sp. cells
were more susceptible than Microcystis aeruginosa.
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Figure 8. Relative abundance of the most abundant genus following O3 (0.3 mg/L and 0.1 mg/L)
oxidation (a) 15 August 2018 (Dolichospermum genus Abundant), (b) 21 August 2018 (Synechococcus

genus abundant).

2.4.4. Hydrogen Peroxide (H2O2)

The Dolichospermum/Dolichospermum sp.90 and Microcystis/Microcystis aeruginosa were the most
abundant genus/species on 1 August and 29 August H2O2 oxidation, respectively. The relative
abundance of the Dolichospermum declined following H2O2 exposure of CT = 7035 mg·min/L.
Microcystis relative abundance decreases by more than 10% at 8442 mg·min/L exposure of H2O2

on 29 August experiment (Figure 9). At the same H2O2 exposure, Dolichospermum decreased by 5%.
Total cyanobacteria cell counts declined following H2O2 oxidation for both dates: 52% decrease on
1 August and 49% decrease on 29 August (Figure S11). The relative abundance of the dominant species
(Dolichospermum sp.90 1 August and Microcystis aeruginosa 29 August) decreases after H2O2 oxidation.
The relative abundance of Microcystis aeruginosa in the H2O2 trial on 1 August increased after high
H2O2 exposure. Microcystis aeruginosa was susceptible to H2O2 oxidation when abundant (as the
relative abundance decreased), but it persists as an abundant species. Our results are in accordance
with Lusty and Gobler. (2020) [37]. Figure S12 unveils higher susceptibility of Dolichospermum species
to high H2O2 exposure as compared to Microcystis aeruginosa. Our results show the effect of high H2O2

exposure on the cyanobacteria species, which is in accordance with previous studies [61,64].
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Figure 9. Relative abundance of the most abundant genus following H2O2 (10 mg/L) oxidation on
(a) 1 August 2018 (Dolichospermum genus abundant) (b) 29 August 2018 (Microcystis genus abundant).

Cyanobacterial composition analysis at species level exhibits relative persistence of different
Dolichospermum species and Microcystis aeruginosa when it is abundant following soft-chlorination,
soft ozonation and permanganate oxidation. This result is in accordance with the previous studies,
which were mainly based on the cell count and the lab-cultured species [10,12,14,58,59]. Our results
highlight the ability of hydrogen peroxide to decrease the relative abundance of different taxa,
including the toxin-producing taxa of interest. H2O2 selectivity provides an efficient barrier against
toxic cyanobacteria entering a drinking water treatment plant.

2.5. Comparison of the Microscopic Cell Count vs. High Throughput Sequencing Results

The taxonomic cell count results (genus) from the chlorination on 1 August and ozonation on
15 August are presented in Figure S13. The observed genera from microscopic cell counts do not
completely match with high throughput sequencing results as Aphanocapsa and Aphanothece were
only reported by taxonomic cell count. Misclassification at the genus level is less common than for
species level; microscopic cell counts showed that Dolichospermum spiroids, Aphanocapsa delicatissma,
Aphanotheche clathrate brevis and Aphanocapsa holistca were the most abundant species following
chlorination and ozonation. However, high throughput sequencing did not identify them as an
abundant species. The abundant species from high throughput sequencing were Microcystis aeruginosa,
Dolichospermum Sp.90 and, Dolichospermum cylindrica (Figures S6 and S10). Despite the potential of the
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microscopic cell count to provide absolute quantitative data such as cells/mL and biovolume, it has
some drawbacks.

The differences in community composition structure retrieved from the microscopic taxonomic
cell counts and high throughput sequencing could be the result of the limitations inherent to these
methods. For high throughput sequencing, these limitations include incomplete DNA sequencing
libraries or using different libraries to identify genus and species. In the case of microscopic taxonomic
cell counts, several sources of uncertainty and error have been identified [65,66]. The morphological
similarity among cyanobacteria taxa may lead to overlooking or misidentifying cyanobacteria under
the microscope, especially low abundant species [5,28]. Few genomes might be available for some taxa
identified by taxonomic cell count (e.g., Aphanocapsa and Aphanothece), which may result in low relative
abundance of these taxa using high throughput sequencing. Additionally, oxidation may further hinder
the ability to identify cells because of its impact on the cell structure. Oxidation at higher dosages can
cause significant morphological deformation of the cyanobacteria species, especially for H2O2 and
KMnO4 in our study [63]. Flow cytometry conducted using the method described by Moradinejad et al.
(2019) showed partial membrane damage (up to 80%) under the soft-oxidation conditions performed
in this study (data not shown) [63].

This study is the first to provide insights into the impact of different pre-oxidants (doses and contact
time) on the diversity and cyanobacterial community composition. The experimental design focused
on CTs at which the shifts occurred, in order to provide actionable results for water utilities. Additional
investigation would be beneficial to extend our observations to other water bodies. In addition,
using assembly/binning method is suggested for future studies to provide a more accurate view of
cyanobacterial genus/species.

3. Conclusions

A comparison of the microscopic vs. high throughput sequencing results demonstrates the ability
and robustness of high throughput sequencing to fully reveal a wide diversity of cyanobacterial
communities in response to oxidant stress.

Results from longitudinal sampling over a bloom period of 4 weeks by high throughput sequencing
highlight quick composition and abundance shifts in the cyanobacterial communities that occur
within a day. High throughput sequencing revealed clearer shifts during a bloom from an initial
dominance of Dolichospermum/Dolichospermum Sp.90 toward a late summer dominance by Microcystis/
Microcystis aeruginosa.

Overall, pre-oxidation caused deeper changes in the diversity of whole bacterial communities,
especially proteobacteria, than was observed for the cyanobacterial community. Such changes should
be considered when assessing the impact of using oxidants for onsite source control.

Depending on the oxidants used, alpha diversity indexes (Shannon and Chao1) showed that oxidation
resulted in different structural composition shifts within bacterial and cyanobacterial communities.

Soft-chlorination using dosages 0.2 and 0.6 mg/L that were typically used for pre-oxidation
caused a progressive shift in the bacterial and cyanobacterial communities with increasing CTs
(0–3.8 mg·min/L). The results using KMnO4 (5 mg/L) and H2O2 (10 mg/L) induced larger and distinct
shifts in the structural composition of bacterial and cyanobacterial communities.

Regardless of the significant differences in community distribution shifts caused by different
oxidants, some toxin producing species could persist after oxidation whether they were dominant
species or not.

Soft-chlorination results revealed that Dolichospermum sp.90 was relatively persistent with
increasing CTs whether it was the dominant species or not. Relative persistence of Dolichospermum
sp.90 was also observed within KMnO4 oxidation with increasing KMnO4 exposure, regardless of the
dominant species.

Soft-ozonation using dosage 0.1–0.3 mg/L results showed the relative persistence of
Microcystis aeruginosa (the dominant species) with increasing ozone exposures (0–0.9 mg·min/L).
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Only pre-oxidation with H2O2 (10 mg/L) caused a clear decrease in the relative abundance of all
taxa and some species including the toxin-producing taxa of interest. As such, H2O2 would provide an
effective first barrier against toxin producing cyanobacteria entering the drinking water treatment plant.

Selection of the most effective pre-oxidant for drinking water purposes should be made considering
its impact on the cyanobacterial community structure/diversity, prevention of disinfection by-product
formation and other drivers such as color and the presence of taste odor compounds.

4. Material and Methods

4.1. Sampling Site Description

The oxidation tests were conducted using natural bloom samples. Cyanobacterial bloom samples
were collected and transferred to the laboratory from the Bedford water treatment plant intake
(Missisquoi Bay—Lake Champlain) in southern Quebec, Canada (45◦02′22.0” N 73◦04′40.5” W).
Sampling was performed during the bloom season from 1 August to 29 August 2018. Several
cyanobacterial blooms have been documented for the Lake Champlain in previous years [14,21,42,43].

4.2. Chemicals and Reagents

A free chlorine stock of 2000 mg/L was freshly prepared from sodium hypochlorite (5.25%) on the
day of the experiment. Free chlorine residual was measured using an N,N-diethyl-p-phenylenediamine
(DPD) colorimetric method based on Standard Methods (SM) 4500-Cl G [67]. Samples were dosed at
room temperature (22 ◦C). A stock of sodium thiosulfate 3000 mg/L was used to quench the chlorine
samples at a dose of 1.1 mg/L per 1 mg/L chlorine.

A potassium permanganate (KMnO4) stock solution of 5000 mg/L was prepared by dissolving
KMnO4 crystals into the ultrapure water. A DPD colorimetric method ratio of 0.891 KMnO4/Cl2 SM
4500-Cl G was used to determine the KMnO4 residual [67]. An amount of 1.2 mg/L sodium thiosulfate
per 1 mg/L KMnO4 was used to quench further oxidation with KMnO4.

A bench-scale ozone generator (details in [14]) was used to prepare an ozone stock solution
50–60 mg/L. SM 4500-O3 was used to determine the stock and ozone residual concentration [14].
An ozone stock solution (50–60 mg/L) was prepared with gaseous ozone using a bench-scale ozone
generator (additional details in [14]). Ozone stock concentration and residual ozone in water samples
were measured using SM 4500-O3 [14]. An amount of 1.6 mg/L sodium thiosulfate per 1 mg/L ozone
was used to quench the ozonation samples.

Stabilized hydrogen peroxide (30%, Sigma Aldrich, MO, USA) was used to prepare the Hydrogen
peroxide (H2O2) stock (10 g/L). A colorimetric test kit (Chemetrics K-5510, Midlands, VA, USA) was
performed to measure the hydrogen peroxide residual. Moreover, 1.2mg/L sodium thiosulfate per
1 mg/L H2O2 was used to quench further oxidation with H2O2.

The selected oxidant doses and contact times are presented in Table 2. The doses (concentration)
and contact time have been selected based on the common pre-oxidation doses used in drinking water
treatment intake.

Oxidant exposures, concentration vs. contact time, (CT) were calculated using Equation (1):

CT =

∫ t

0
[Oxidant]dt =

C0

kdecay
(ekdecayt

− 1) (1)

where kdecay (min−1) is the first-order decay rate, t (min) is the exposure time, and C0 (mg/L) is the
initial concentration of oxidant at time zero. The selection of oxidant dose was based on the commonly
used pre-oxidation doses in the operation of the drinking water treatment plant.
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Table 2. Experimental plan.

Oxidant Water Type Oxidant Dose (mg/L) Contact Time

Cl2

Real Bloom, Missisquoi
Bay, Quebec, Canada

0.2

0.6

1 min
2 min
5 min

10 min
60 min

120 min

O3

0.1

0.3

1 min
2 min
5 min

10 min

KMnO4 5
30 min
60 min

120 min

H2O2 10 6 h
24 h

4.3. DNA Extraction, Metagenomic Preparation, Sequencing and Bioinformatic Analysis

Total nucleic acid was extracted from the frozen filters (after filtration, samples were quickly
transferred to −80 ◦C before DNA extraction) using an RNeasy PowerWater Kit (Qiagen Group,
Germantwon, MD, USA) with modification. Before the extraction, 200 µL of nuclease-free water and
5 µL of TATAA Universal DNA spike II (TATAA Biocenter AB) were added to the filters to evaluate
DNA extraction yields using RT-qPCR. RNeasy PowerWater Isolation kit solution PM1 was used to
lyse the cells along with Dithiothreitol (DTT), which prevents disulfide bonds forming residues of
proteins. A total volume of 60 µL nuclease-free water provided with the kit was used to elute the total
nucleic acid, of which 30 µL of DNA (with minimum 1 ng of DNA) extracts were stored at −20 ◦C.
DNA was subsequently purified with the Zymo Kit (Zymo Research, Irvine, CA, USA) according to
the manufacturer’s instructions. Each DNA sample was resuspended in 60 µL of nuclease-free water
and quantified with a Qubit v.2.0 fluorometer (Life Technologies, Burlington, ON, Canada). A volume
of 30 µL DNA was sent for pyrosequencing (Roche 454 FLX instrumentation with Titanium chemistry)
to the Genome Quebec.

An Illumina NovaSeq 6000 platform using S4 flow cells was applied to sequence DNA libraries.
A home-made bioinformatic pipeline was used for further analysis of Paired-end raw reads of 150 base
pairs (bp) as follows. First, raw reads trimming quality was performed using the SolexaQA v3.1.7.1,
default parameters [68]. Further analyses were carried out on the trimmed reads shorter than 75 nt.
An in-house script, based on the screening of identical leading 20 bp, was used to remove artificial
duplicates. Gene fragments were predicted using FragGeneScan-Plus v3.0 based on the trimmed
high-quality reads [69]. Then, predicted fragments of protein were clustered at 90% similarity level
using cd-hit v4.8.1 [70]. A diamond engine was used for similarity search on the M5nr database
based on a representative of each cluster (https://github.com/MG-RAST/myM5NR). Best hits (minimal
e-value of 1 × 10−5) combined with the last common ancestor approach were used to assess the
taxonomic affiliation of protein fragments. It should be mentioned that the annotation process uses a
read-mapping process of small gene fragments of encoding proteins on a large database of proteins.
One gene fragments encoding protein in the database could match with multiple species or strains.

4.4. DOC and Cyanobacteria Cell Count

Pre-rinsed 0.45 µm membrane filters (Supor 45 µm, 47 m, PES PALL, Port Washington, NY,
USA) and carbon-free glass vials were used for Dissolved Organic Carbon (DOC) samples. DOC
measurements were performed via a 5310 total organic carbon analyzer (Sievers Analytical Instruments,
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Boulder, CO, USA). An inverted microscope with 20×magnification was used to perform cell count
samples preserved with Lugol’s Iodine [71,72].

4.5. Statistical Analysis

All analyses were performed using a custom bioinformatics pipeline implemented in R (v.3.6,2,
RStudio, Inc., Boston, MA, USA), phyloseq (V.1.28.0) to visualize the community composition at
phylum (all bacteria reads), order, and genus (cyanobacteria reads) [73]. The twenty-five most abundant
cyanobacteria species were visualized using pheatmap (v.1.0.12) [74]. Then, the alpha diversity metrics
were estimated using phyloseq’s estimate richness function (Shannon and Chao1). Taxonomic data were
normalized by the centred log-ratio transformation using easy CODA (v.0.31.1) [75]. The beta-diversity
was analyzed using the vegan package (v.2.5-6), where the similarity matrices were calculated based on
the Euclidean distance [76]. The homogeneity of variances of normalized data related to each oxidant
was analyzed before building the model. A Redundancy Analysis (RDA) constrained ordination to
each oxidant applied to the cyanobacteria genus and tested by the permutation test (>95% significance).

Supplementary Materials: The following are available online at http://www.mdpi.com/2072-6651/12/11/728/s1.
Figure S1: Principal components analysis (PCA) of the normalized relative abundance of comparative metagenomics
reads in 29 August 2018 sample. Data are plotted following the genus-level classification (a) PCA analysis of
bacterial community following oxidation using different CT (b) PCA of the cyanobacterial community following
oxidation using different CT. Figure S2: Relative abundance of the most abundant genus following the oxidation
using Cl2, KMnO4, H2O2 (1 August 2018 abundant: Dolichospermum). Figure S3: Cyanobacterial Species heat
map following the oxidation using Cl2, KMnO4, H2O2 (29 August 2018 abundant: Microcystis). Figure S4:
Alpha diversity measures of cyanobacterial community following oxidation Cl2, KMnO4, H2O2 (29 August 2018,
abundant genus: Microcystis). Figure S5: Total cyanobacteria cell counts following chlorination for 1 August 2018
trial and 29 August 2018 trial. Figure S6: Cyanobacterial species heat map following the chlorination (a) 1 August
2018 trial, (b) 29 August 2018 trial. Figure S7: Total cyanobacteria cell counts following the permanganate oxidation
for 1 August 2018 trial and 29 August 2018 trial. Figure S8: Cyanobacterial Species heat map following the
oxidation using KMnO4 (a) 1 August 2018 trial, (b) 29 August 2018 trial. Figure S9: Total cyanobacteria cell counts
following the O3 oxidation for 15 August 2018 trial and 21 August 2018 trial. Figure S10: Cyanobacterial Species
heat map following the oxidation using O3 (a) 15 August 2018 trial, (b) 21 August 2018 trial. Figure S11: Total
cyanobacteria cell counts following the H2O2 oxidation for 1 August 2018 trial and 29 August 2018 trial. Figure S12:
Cyanobacterial Species heat map following the oxidation using H2O2 (a) 1 August 2018 trial (b) 29 August 2018
trial. Figure S13: Relative abundance of cyanobacteria species (via light Microscopy) following oxidation (a) O3
second trial (15 August 2018) (b) Cl2 first trial (1 August 2018).
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Abstract: Oxidation processes can provide an effective barrier to eliminate cyanotoxins by damaging
cyanobacteria cell membranes, releasing intracellular cyanotoxins, and subsequently oxidizing these
toxins (now in extracellular form) based on published reaction kinetics. In this work, cyanobacteria
cells from two natural blooms (from the United States and Canada) and a laboratory-cultured
Microcystis aeruginosa strain were treated with chlorine, monochloramine, chlorine dioxide, ozone,
and potassium permanganate. The release of microcystin was measured immediately after oxidation
(t ≤ 20 min), and following oxidant residual quenching (stagnation times = 96 or 168 h). Oxidant
exposures (CT) were determined resulting in complete release of intracellular microcystin following
chlorine (21 mg-min/L), chloramine (72 mg-min/L), chlorine dioxide (58 mg-min/L), ozone (4.1
mg-min/L), and permanganate (391 mg-min/L). Required oxidant exposures using indigenous cells
were greater than lab-cultured Microcystis. Following partial oxidation of cells (oxidant exposures≤CT
values cited above), additional intracellular microcystin and dissolved organic carbon (DOC) were
released while the samples remained stagnant in the absence of an oxidant (>96 h after quenching).
The delayed release of microcystin from partially oxidized cells has implications for drinking water
treatment as these cells may be retained on a filter surface or in solids and continue to slowly release
cyanotoxins and other metabolites into the finished water.

Keywords: cyanobacteria; oxidation; stagnation; microcystin; water treatment; quenching

Key Contribution: This work provides oxidant exposure (CT) guidance regarding complete, partial,
and delayed release of intracellular microcystins for five oxidants. Differences between laboratory
cultured and naturally occurring cyanobacteria cells were quantified and reported.

1. Introduction

Toxic cyanobacteria blooms are a public health risk when present in drinking water supplies.
Many countries have issued health advisories for cyanotoxins, including microcystin, a hepatotoxic
class of cyanotoxins with many different variants, or congeners [1–3]. In response to these cyanotoxin
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health advisories, drinking water utilities often develop cyanobacteria bloom (frequently termed
“harmful algal bloom” (HAB)) management plans to prevent the persistence of cyanotoxins beyond
treatment [4,5]. Furthermore, several guidance documents emerged with best practices for managing
cyanobacteria blooms in water treatment [5–9]. Recommendations include switching water sources and
removing cells through conventional treatment processes (i.e., dissolved air flotation, sedimentation).

Many utilities use pre-oxidation in drinking water treatment to achieve a multitude of objectives
including invasive species control (e.g., quagga mussel), prevention of biofilm growth, taste and odor
control, oxidation of iron or manganese, improved solids removal, and disinfection [10]. Current
guidance also urges caution or recommends eliminating pre-oxidation processes to minimize the risk
of cell lysis and the corresponding release of intracellular cyanotoxin before the removal of intact cells
(e.g., through coagulation/flocculation/sedimentation and/or filtration). Despite this guidance, some
utilities cannot eliminate pre-oxidation in order to comply with disinfection requirements (e.g., Giardia
inactivation) [11]. Therefore, guidance for the application of pre-oxidants during a cyanobacteria
bloom is warranted. While previous studies have generally assessed the complete oxidation of
cyanobacteria cells and release of cyanotoxins, particularly with respect to microcystin [12–19], low
oxidant exposures (concentration × time (CT)) resulting in incomplete cell oxidation continue to
require further examination. Furthermore, delayed release has been observed up to 120 min after
the chlorination of cells [17]. Additional research is needed to understand the risk of additional
intracellular cyanotoxin release following partial cyanobacteria cell oxidation and oxidant quenching
processes using different oxidants (ozone, chloramine, chlorine dioxide, potassium permanganate) in
water treatment plants.

Here, microcystin release from both laboratory-cultured and naturally occurring cyanobacteria
was assessed with exposure to drinking water pre-oxidation. By normalizing the oxidant dose to the
dissolved organic carbon (DOC) concentration of each water, chlorine, monochloramine, chlorine
dioxide, ozone, and potassium permanganate were compared in three cyanobacteria suspensions.
The objectives of the research were to: (1) establish a normalized framework (i.e., oxidant dose:
background DOC ratio, oxidant exposure over time) where the complete release of intracellular
microcystin and DOC may be expected following a 20 min reaction time, and (2) examine the delayed
release of intracellular microcystin following partial cell damage at low oxidant exposures with
stagnation times ranging from 5 min to 7 days. This work improves the guidance regarding continued
intracellular microcystin release from partially damaged cells that can impact downstream water
treatment processes (i.e., filter surface, solids retention basins).

2. Results and Discussion

2.1. Oxidation (Time ≤ 20 min) Induced Degradation of Pigment and Release of DOC

Across the three waters tested, all five oxidants were applied at either five or six oxidant: DOC
dose ratios for contact times ≤ 20 min. The oxidant decay rates during this time period (Table S1) were
calculated for each dose ratio, with decay curves shown in the SI (Figures S1–S10). Along with the
decay rates, oxidant CT values were calculated for each oxidant using the trapezoid rule with two
residual oxidant values. CT values are shown on the secondary axis of Figure 1A–E and in Table S2.
Ozone CT values were nominally 0 mg-min/L after the USA bloom was dosed with 0.05–0.25 O3:
DOC dose ratios and after the CA bloom was dosed with of 0.07–0.1 O3: DOC due to the rapid decay
of ozone.
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Figure 1. Impact of (A) chlorine, (B) chlorine dioxide, (C) ozone, (D) monochloramine, and (E) potassium
permanganate on the release of intracellular MCs (MC-LR or MC-YR) from the USA bloom, the CA bloom,
and the M. aeruginosa (lab MA) water (t ≤ 20 min). CT is shown on the secondary axis as black squares.
* Concentrations were below the MRL for both extracellular and intracellular MC.

While cell viability was not directly monitored, chlorophyll-a (chl-a) (for the USA bloom and
lab-cultured M. aeruginosa) and phycocyanin (PC) fluorescence (for the CA bloom) were used as proxies
for cell damage. The chl-a or PC fluorescence were used to calculate cell damage rates with results
shown in Table 1 and Table S3. In general, the cell damage rates followed the trend of ozone >> chlorine
≈ chlorine dioxide > potassium permanganate >>monochloramine. The USA and CA bloom waters
had significantly lower decay rates for all oxidants as compared to the lab-cultured M. aeruginosa.
This phenomenon is due to the resilience of natural (indigenous) cells with presence of multiple
species and the interference from background organic matter, compared to lab-cultured species, which
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has been observed previously [16,20–22]. However, at the low pre-oxidation doses, ozonation (1700
M−1s−1) and chlorine dioxide (200 M−1s−1) rates for the lab-cultured M. aeruginosa were significantly
lower than those rates observed in past work (1.1 × 105 M−1s−1 and 4900 M−1s−1) [23]. The potassium
permanganate rate (9.1 M−1s−1) was comparable, though lower, than the value generated (36 M−1s−1)
for another unicellular species, Pseudanabaena sp., likely due to differences in cell-specific reactivity as
similar experimental conditions were applied [24]. These data illustrate that during low pre-oxidation
doses or the first part of the cell-damage curve, the rate is significantly lower. A caveat in comparing
the pigment results from the three waters is that the PC fluorescence (used for the CA bloom) likely
captured both intra- and extra-cellular pigment, whereas the extracted chl-a (used for the USA bloom
and lab-cultured water) included only intracellular pigment [25].

Table 1. Cell damage (kdamage) and total MC decay (ktotal) after oxidation (t ≤ 20 min) for the USA and
CA blooms. Rates with R2 below 0.75 were excluded (e.g., monochloramine). * PC fluorescence was
measured instead of extracted chl-a.

Oxidant Water
kdamage

(M−1s−1) (R2)
ktotal

(M−1s−1) (R2)

Cl2
USA 25 (0.96) 74.6 (0.91)
CA 133 * (0.98) 82.9 (0.96)

ClO2
USA 64 (0.76) -
CA 20.9 * (0.84) 11.5 (0.82)

KMnO4
USA - -
CA 2.69 * (0.84) 1.22 (0.73)

Ozone
USA 273 (0.91) 143 (0.99)
CA 245 * (0.75) 56 (0.75)

While pigment levels are a proxy for cell-viability, the release of DOC is an indicator of cell lysis.
At the highest oxidant:DOC dose ratios for chlorine (0.5), monochloramine (0.5), chlorine dioxide (0.5),
potassium permanganate (4/5.3), and ozone (0.75/0.80) DOC increased by less than 1.5 mg/L during the
≤20 min exposure period. In each of the three waters, ozone produced the greatest releases of 0.91 mg/L
in the USA bloom, 1.20 mg/L in the CA bloom, and 0.30 mg/L in the lab-cultured M. aeruginosa water.
After exposure to chlorine, monochloramine, chlorine dioxide, and potassium permanganate, DOC
releases were consistent across the three waters at 0.30–0.65 mg/L for USA bloom, 0.1–0.2 mg/L for
the CA bloom, and 0.2–0.26 mg/L for the lab-cultured M. aeruginosa. A potential consequence of the
release of DOC during pre-oxidation is that these processes may result in the formation of disinfection
byproducts during the initial oxidation period or later during secondary disinfection as has been
demonstrated in previous work [17,21,26]. The presence of released DOC may also interfere with the
degradation of extracellular MC as it consumes oxidant residual during the exposure period and is a
factor contributing to the difficulty in modeling the degradation of MC as it moves from intracellular
to extracellular [27].

2.2. Impact of Oxidants on Release of Microcystin (t ≤ 20 min)

To monitor the release of MC congeners from the USA bloom (MC-YR), CA bloom (MC-LR) and
the lab-cultured M. aeruginosa (MC-LR), the total and extracellular MC were measured (Figure 1A–E).
Prior to oxidation, the highest concentration of total MC was observed in the lab-cultured M. aeruginosa
sample, 5.7 ± 0.86 µg/L MC-LR, whereas the bloom waters contained significantly less at 1.9 ± 0.22 µg/L
MC-YR in the USA bloom, and 1.3 µg/L MC-LR in the CA bloom. The extracellular MC started at
concentrations below the method reporting limit (MRL, i.e., <0.5 µg/L) in the bloom waters, but the lab
culture contained approximately 30% extracellular MC-LR relative to the total.

Pre-oxidation exposures resulted in the release of intracellular MC from both natural bloom
and lab-cultured cyanobacteria as summarized in Table 2 Two of the oxidants, monochloramine and
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potassium permanganate, saw limited release of intracellular MC. For all three waters, the highest
dose ratio of monochloramine (CTs of 23–72 mg-min/L) resulted in a release less than 0.15 µg/L of
extracellular MC and no significant total MC degradation. This corresponds with the low rate of
monochloramine inactivation and reaction with cell membrane [15,28]. In past work, with lab-cultured
cells the release of MC-LR by monochloramine required a CT value more than an order of magnitude
greater (640 mg-min/L for 5 × 104 cells/mL) [13].

Table 2. CT, oxidant: DOC ratio and stagnation time resulting in the release of intracellular MCs.
* Select natural blooms did not release detectable concentrations of microcystins at this point.

Cl2 NH2Cl ClO2 O3 KMnO4

Oxidant:DOC ratio
(t ≤ 20 min) 0.5 No

release 0.5 * 0.75/0.80 >2 *

CTlab
(mg-min/L) 11 23 12 0.72 117

CTUSA
(mg-min/L) 15 60 50 3.0 486

CTCA
(mg-min/L) 21 72 58 4.1 391

Stagnation time * ≥2 h ≥8 h ≥20 min ≥8 h ≥2 h

Potassium permanganate did not affect the MC levels in the two bloom samples until the two
highest doses of KMnO4: DOC (CTs of 88–782 mg-min/L). Both blooms then saw a minor decrease in the
total MCs with the CA bloom releasing an average of 0.35 µg/L as extracellular MC-LR. The lab-cultured
M. aeruginosa water released intracellular MC at the two highest dose ratios, with the highest dose
containing 3 µg/L of extracellular MC-LR. Prior to the release of intracellular MC, extracellular MC-LR
was oxidized by KMnO4 [29,30].

The impacts of chlorine, chlorine dioxide, and ozone on the total and extracellular MC in the
lab-cultured and bloom-containing waters are illustrated in Figure 1A–C, respectively. During the
application of ozone, no extracellular MC was detected in the two blooms and this was attributed to the
rapid oxidation of MC by ozone (0.24–4.1 × 105 M−1s−1) and hydroxyl radical (1.1 × 1010 M−1s−1) prior
to measurement [31]. Intracellular MC-YR in the USA bloom was removed to below the MRL at 0.5 Cl2:
DOC and 0.15 ClO2: DOC, with no extracellular MC detected. Although chlorine (33 M−1s−1) and
chlorine dioxide (1 M−1s−1) both have significantly lower reaction rates than ozone, a similar result was
observed [29,32]. The CA bloom released extracellular MC-LR at 0.15 Cl2: DOC and 0.25 ClO2: DOC.
Subsequent treatments with chlorine degraded the total MC from the CA bloom, but chlorine dioxide
allowed both intra- and extracellular MC to remain. In contrast, lab-cultured M. aeruginosa released
intracellular MC at the lowest dose ratios of 0.05 Cl2: DOC or ClO2: DOC (CT = 0.047 mg-min/L for
chlorine and 0.060 mg-min/L for chlorine dioxide). This trend continued for both oxidants until the
highest doses at which point the total MC was entirely extracellular. Ozonation of the M. aeruginosa
degraded the extracellular MC until 0.5 O3: DOC, at which point 1.3 µg/L was released.

To model the degradation of total MC (ktotal), Equation (1) with CT was applied [12,14,16] with
results shown in Table 1 and Table S3. The USA bloom, CA bloom, and the lab-cultured M. aeruginosa
had ozone ktotal rates of 143 M−1s−1, 56 M−1s−1 and 2664 M−1s−1, respectively. The bloom water rates
were lower than those observed in a previous study of mixed species from a bloom (400–450 M−1s−1),
likely due to the consumption of oxidant by the background organic matter in this work [20]. Under
chlorination, the USA bloom’s MC-YR decayed at a rate of 102 M−1s−1, which was greater than the CA
bloom MC-LR rate at 82.9 M−1s−1. This behavior could be partly due to the reactivity difference between
the congeners with MC-YR more rapidly degraded as compared to MC-LR [33,34]. The lab-cultured
sample in this work had a rate of 136 M−1s−1, a value that was close to those generated in past work
(range of 10–96 M−1s−1) [12,14]. Although the cell-damage rates were an order of magnitude lower
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than those observed in previous studies, pre-oxidation ktotal decay rates were close to those from
previous studies. This reflects that lower oxidant doses are required to release MC relative to the doses
necessary to induce changes in chl-a and PC fluorescence or release DOC.

These results demonstrate that extracellular MC can be released from lab-cultured M. aeruginosa
cells at low oxidant: DOC (0.05 Cl2: DOC, 0.05 ClO2: DOC, 0.25 O3: DOC, and 2.7 KMnO4: DOC).
Although this result has not been previously reported for chlorine dioxide nor ozone, a recent study
with chlorine saw similar behavior [17]. It is important to note that the natural bloom waters were
substantially more resistant to oxidation as compared to cultured cells as a result of the presence of
multiple species, cell-specific resilience, and the interference from background organic matter [16,20].
In the USA bloom, no intracellular MC was released; however, total MCs were completely removed at
0.5 Cl2: DOC, 0.15 ClO2: DOC, and 0.75 O3: DOC. In the CA bloom, extracellular MC was observed
at 0.15 Cl2: DOC, 0.25 ClO2: DOC, 0.8 O3: DOC, and 2 KMnO4: DOC, but complete removal did
not occur.

2.3. Impact of Stagnation (Time Max = 96 or 168 h) on Pigment and DOC

After the initial 20 min oxidant exposure time, the remaining oxidant was quenched, and samples
were subsequently held for up to 96 or 168 h. During the stagnation period, the release of DOC and
cell damage (as shown via pigments concentration) was then evaluated. The dose ratios applied for
chlorine, monochloramine, chlorine dioxide, ozone, and potassium permanganate were 0.15, 0.15, 0.15,
0.15, and 0.4/0.5, respectively. These dose ratios were selected as they produced minimal or no MC
release during the initial oxidant exposure period.

Interestingly, the reduction in pigment during the oxidant exposure time followed an expected
degradation path and pseudo-first order reaction kinetics were applied to model the reduction and
interpret the results. However, the model method does not fit the pigment decay rates analysis after
quenching and stagnation time, i.e., the majority of R2 values are below 0.75. Therefore, the fraction of
damaged cells after oxidation (time ≤ 20 min) were compared against the cells damaged during the
stagnation period (Figure 2). All the ozone dose ratios produced a similar level of damage during the
initial oxidation period and following stagnation. Following chlorine, potassium permanganate, and
monochloramine treatment, the stagnation period more than doubled the fraction of cells classified as
damaged relative to those affected during the oxidation period. In the CA bloom, after stagnation, the
level of cell damage was the same for chlorine, monochloramine, chlorine dioxide, and potassium
permanganate. The USA bloom and the lab-cultured M. aeruginosa saw that potassium permanganate,
chlorine, and chlorine dioxide damaged a higher fraction of cells than ozone did after stagnation. This is
in contrast with the general reactivity of these oxidants with cell membranes as well as their reactivity
with organic matter functional groups [28,35]. It also does not agree with the pigment decay rates that
were observed in this work after time ≤ 20 min contact. These results imply that oxidant-induced cell
damage is strongly underestimated by the rates calculated using oxidant exposures that only measure
cells immediately following oxidant exposure.
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Figure 2. Fraction of pigment removed after 20 min exposure to oxidant: DOC ratios of 0.15. Cl2: DOC,
ClO2: DOC, NH2Cl: DOC, and O3: DOC, and 0.5/0.4 KMnO4: DOC, and fraction of pigment removed
after oxidation at the same level, quenching and stagnation for 96 or 168 h. Columns with * are those in
which the pigment concentrations did not change or increased.

A similar trend was observed for the DOC released following stagnation (Figure 3). The initial
exposure period produced limited releases of DOC above 0.15 mg/L, but after stagnation every oxidant
produced a release of DOC. In addition, the changes in DOC concentration did not follow the trend of
oxidant reactivity. This ranged from 0.63–2.93 mg/L for the USA bloom, 0.6–1.1 mg/L for the CA bloom,
and 0.16–0.3 mg/L for the lab-cultured M. aeruginosa. As with the release of DOC during the initial
oxidation period, the intracellular DOC could contribute to the formation of disinfection byproducts
and interfere with the degradation of MC.
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Figure 3. Release of DOC following exposure to oxidant: DOC ratios of 0.15 Cl2: DOC, ClO2: DOC,
NH2Cl: DOC, and O3: DOC, and 0.5/0.4 KMnO4: DOC with 20 min contact time. Stagnation samples
were collected 96 or 168 h after quenching. Columns with * represent releases below the MRL of
0.15 mg/L.

2.4. Impact of Stagnation (Time Max = 96 or 168 h) on Microcystin

While many studies have evaluated the impact of oxidation on the release of MC, limited work
has been done to evaluate the impact of stagnation post-quenching. This is a particularly important
process to understand for the use of pre-oxidation, as the immediate release might not occur (results
shown above) leading to a misevaluation of the risk associated with a given oxidation dose. In this
work, one dose ratio was selected, and the extracellular and total MC were tracked after quenching for
up to 96 or 168 h.

Across all oxidants, the naturally occurring bloom samples did not immediately release MC
during stagnation (Figure 4). For chlorine, monochloramine, ozone, and potassium permanganate,
the release of MC-YR in the USA sample occurred at 33 h, 24 h, 8 h, and 33 h, respectively. Except
for potassium permanganate and ozone where 0.61 and 0.68 µg/L of intracellular MC remained, the
final time points were below the MRL for both intra- and extracellular MC-YR. For the CA bloom,
extracellular MC-LR was observed after 10 h for chlorine, 24 h for monochloramine, 10 h for chlorine
dioxide, and 10 h for potassium permanganate. Despite the limited release of MC during the initial
oxidant exposure, the cells were damaged to the point where after additional time, they released MC.
In both bloom waters, a decrease in total MC was observed over time, despite the conversion of this
MC from intracellular to extracellular. This decrease was attributed to biodegradation, which will be
further discussed below.
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Figure 4. Effect of stagnation time on the presence of extracellular and intracellular MC after.
oxidation and quenching with (A) chlorine, (B) monochloramine, (C) chlorine dioxide, (D) potassium
permanganate, and (E) ozone. * Concentrations were below the MRL for both extracellular and
intracellular MC.

The lab-cultured M. aeruginosa was significantly more susceptible to the release of intracellular
MC during stagnation with extracellular MC-LR detected after < 0.6 hrs. In contrast to the natural
bloom samples, the final time point for the lab-cultured cells contained almost entirely extracellular
MC. At 96 h, chlorine, monochloramine, chlorine dioxide, and potassium permanganate stagnation
contained 8.8 µg/L, 6.2 µg/L, 8.7 µg/L, and 4.8 µg/L, respectively. Ozone was the only oxidant in which
a small concentration of intracellular MC remained during stagnation with 3.1 µg/L extracellular and
0.9 µg/L intracellular. As with the bloom waters, the ozone stagnation resulted in a degradation of the
total MC present. Stagnation after chlorine and chlorine dioxide exposure saw continued increases
in the extracellular MC from first to last time point. The total MC in the potassium permanganate
stagnation sample increased until 8 h at which point the MC was entirely extracellular and subsequent
decay was observed.
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The delayed release of MC from damaged or lysed cells highlights the need to monitor MC
throughout water treatment and solids-handing, not only following the pre-oxidation process. It also
provides another potential source of MC release during treatment, which had previously been attributed
to the accumulation of cells during treatment, e.g., in filter beds, in the sludge bed of sedimentation
tanks, and in sludge thickeners [36–38]. Using the release of extracellular MC-LR from the lab-cultured
M. aeruginosa, the rate at which this process occurs was calculated using Equation (1) and ranged
from 1.61 to 4.12 × 10−6 s−1 (Table 3). These rates were generated from the release following chlorine,
chlorine dioxide, ozone, and monochloramine, and did not follow a specific trend with oxidant efficacy.
For the bloom samples, total MC concentration decreased during stagnation and the continuous
release of extracellular MC was not observed. In both the bloom samples, regardless of the oxidant,
similar total MC decay rates were observed, indicating that the process was likely not related to the
oxidant applied. For the USA bloom, the rates ranged from 1.79 to 2.57 × 10−6 s−1 after chlorination,
ozonation, potassium permanganate, and monochloramine exposure. The CA bloom had slightly
higher rates, but the spread between oxidants was also low, with potassium permanganate, chlorine
dioxide, monochloramine, and chlorine at 2.85 to 4.08 × 10−6 s−1.

Table 3. Total MC biodegradation during stagnation (kbiodegradation) and the release rate for extracellular
MC after stagnation (krelease) for the M. aeruginosa (lab MA), USA and CA blooms. Decay rates with R2

values below 0.75 were not included. * Differentiates *krelease from kbiodegradation.

Oxidant Water
Stagnation (Time Max = 96 or 168 h)

kbiodegradation (R2)/*krelease (s−1) (R2) Half-Life (Days)

Chlorine
USA 2.57 × 10−6 (0.93) 3.12
CA 3.37 × 10−6 (0.99) 2.38

Lab MA *1.61 × 10−6 (0.67) -

Mono-chloramine
USA 2.44 × 10−6 (0.88) 3.29
CA 4.08 × 10−6 (0.95) 1.97

Lab MA *4.12 × 10−6 (0.79) -

Chlorine dioxide
USA - -
CA 2.85 × 10−6 (0.90) 2.81

Lab MA *2.79 × 10−6 (0.83) -

KMnO4

USA 1.79 × 10−6 (0.83) 4.48
CA 3.93 × 10−6 (0.81) 2.04

Lab MA - -

Ozone
USA 1.90 × 10−6 (0.90) 4.22

Lab MA 7.44 × 10−7 (0.76)/*2.50 × 10−6 (0.84) 10.8

The degradation in these waters was attributed to biological activity and the rates were translated to
half-lives for comparison with past work. The extracellular MC-LR half-life ranged from 3.12–4.48 days
in the USA bloom and 1.97–2.81 days in the CA bloom; these half-lives were similar to those observed
in surface waters (1.22–7.66 days for MC-LR) [39] and lake waters (5.4 days for both MC-LR and
MC-YR) [40]. A lag phase was observed, but there was not a discernible relationship between the
lag phase and the oxidant applied. The similarity in behavior between the two blooms indicated
that both waters had the required biomass and the enzymes present for biodegradation, which is
indicative of a previous exposure to cyanobacteria producing MC in these waters [39,40]. With the
exception of ozonation, the lab-cultured M. aeruginosa in Colorado River Water (CRW) did not exhibit
the biodegradation behavior observed in the bloom waters. Following the application of ozone, total
MC-LR degraded at a rate of 7.44 × 10−7 s−1, which translated to a half-life of 10.8 days. This lower
rate was indicative of the lower biomass present in the CRW and/or limited prior exposure to MC [40].
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3. Conclusions

This study demonstrated differences between lab-cultured and natural-bloom cyanobacteria cell
lysis rates, identified the CT values required for the complete intracellular release of microcystin, and
identified the importance of stagnation following partial damage to cyanobacteria cells. Lab-cultured
M. aeruginosa cells were found to be more susceptible to chemical oxidation than natural bloom cells.
For lab-cultured M. aeruginosa, the level of extracellular MC increased after dose ratios of 0.05 Cl2:
DOC, 0.05 ClO2: DOC, 0.25 O3: DOC, and 2 KMnO4: DOC. In contrast, the mixed species found in the
two bloom waters required higher doses of 0.15 Cl2: DOC, 0.15 ClO2: DOC, 0.75/0.80 O3: DOC, and
2/2.7 KMnO4: DOC. Oxidant: DOC ratios and CT values that resulted in complete intracellular release
were identified for each oxidant across the three water evaluated.

Following the oxidation phase and quenching, the effect of stagnation time was evaluated using
partially damaged cells. Stagnation resulted in greater release of intracellular DOC and microcystin.
At dose ratios of 0.15 for ozone, chlorine, chlorine dioxide, and monochloramine and a dose ratio
of 0.4/0.53 for potassium permanganate, all three of the waters saw the release of extracellular MC.
Increases in the extracellular fraction of MC started anywhere from 20 min after quenching for the
lab-cultured sample up to 96 h after quenching for the USA bloom.

These data highlight the need to monitor the downstream time points for the potential release
of extracellular toxin because partially damaged cells may be retained on filter surfaces or in sludge
where continued MC release can threaten finished water quality and/or solids handling processes.

4. Materials and Methods

4.1. Cyanobacteria Culturing, Sampling, and Characterization

4.1.1. Laboratory-Cultured Microcystis aeruginosa Cells Transferred into Colorado River Water (CRW)

A microcystin-LR (MC-LR) producing cyanobacteria strain, unicellular Microcystis aeruginosa
(LB 2385, UTEX Austin Culture Collection, Austin, TX, USA), was cultured as described in prior
work [41]. Briefly, cells were cultured in Bold3N media for ~30 days and subsequently rinsed with
10 mM phosphate buffer (pH 7.5) after three centrifugations, respectively. A cell stock solution was
prepared by suspending cells in ~20 mL of the phosphate buffer. Cell concentration of the stock was
determined via optical density at 730 nm (OD730), which was previously correlated with cell counts
using a digital flow cytometer [23]. Subsequently, cells were spiked into Colorado River water (CRW),
which had DOC of 2.5 mg/L, alkalinity of 138 mg/L as CaCO3, and pH of 8.0, to obtain 1.0 × 106 cells/mL.
The background DOC of CRW (2.5 mg/L) was used to determine the applied oxidant doses.

4.1.2. United States (USA) Bloom: Grand Lake St. Marys

Grand Lake St. Marys in Celina, OH was sampled during October 2016, and the water was
shipped in cubitainers on ice to Southern Nevada Water Authority (SNWA) for experiments. The USA
bloom water had a DOC of 9.3 mg/L and pH of 7.9. The predominant cyanobacteria present was
Planktothrix agardhii/suspensa (2.65 × 106 cells/mL), followed by Planktolyngbya spp. (3.72 × 105 cells/mL).
The cyanobacteria were confirmed to produce microcystin-YR (MC-YR), which historically has been
generated by Planktothrix agardhii/suspensa in the USA bloom [42]. Additional details and pictures of
the bloom can be found in the Supporting Information (SI) Section S1.

4.1.3. Canadian (CA) Bloom: Lake Champlain

Anabaena spiroides (1.58 × 105 cells/mL), Aphanothece clathrata brevis (1.01 × 105 cells/mL), and
Microcystis aeruginosa (4.03 × 104 cells/mL) complex naturally occurred on the Canadian side of Lake
Champlain. Water was collected and transported to Polytechnique Montréal on ice by cubitainers.
The Canadian bloom had a DOC of 6.1 mg/L and pH of 7.9.
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4.2. Pre-Oxidation of Cyanobacteria Suspensions

4.2.1. Varied Oxidant: DOC Ratios

Cyanobacteria suspensions were placed in 1 L amber glass bottles for exposure to oxidants.
Chlorine (Cl2), chlorine dioxide (ClO2), monochloramine (NH2Cl), ozone (O3), and potassium
permanganate (KMnO4) were assessed as pre-oxidants. Chlorine was obtained as a ~5% sodium
hypochlorite (NaOCl) solution (Fisher Scientific). Chlorine dioxide was obtained as a ~3000 mg/L
solution (CDG Environmental). KMnO4 was obtained as ~900 mg/L solution (Ricca). Monochloramine
was prepared using ammonium chloride, sodium hydroxide (NaOH), and NaOCl as described in [43].
Oxidant stock concentrations were measured to ensure accurate dosing.

Chlorine, chlorine dioxide, monochloramine, and ozone were spiked into suspensions with
oxidant: DOC mass ratios of 0.05, 0.10, 0.15, 0.25, and 0.5. Ozone was also assessed at O3: DOC of
0.75. The DOC for ratio calculations was based on the background DOC of the source water. Therefore,
any released DOC following cyanobacteria cell lysis was not factored into these ratios. Potassium
permanganate was spiked into suspensions with ratios of 0.1, 0.25, 0.4, 2, and 4 for the CA bloom and
ratios of 0.13, 0.33, 0.5, 2.7, and 5.3 for the USA bloom and lab-cultured M. aeruginosa. Oxidants were
allowed to react for a maximum of 20 min at room temperature (20 ◦C). Aliquots (10 mL) were taken
from reactors throughout experiments for residual measurements; volume taken did not exceed 10% of
total reactor volume. When no residual remained or 20 min had elapsed, sodium thiosulfate (Na2S2O3)
was added to reactors (targeting 100 mg/L in the reactor to ensure excess) to quench residual and/or to
give all reactors the same treatment. Samples were then immediately taken for analysis of total and
extracellular microcystins (MC), chl-a or phycocyanin (PC), and DOC. The middle oxidant: DOC ratio
for each oxidant (except for ozone, which had an additional ratio assessed) had a duplicate reactor to
assess reproducibility. Control reactors without chemical addition and with Na2S2O3 addition were
sampled as well; Na2S2O3 did not have a measurable effect on MC, pigments, nor DOC.

4.2.2. Varied Stagnation Times

For select oxidants: DOC ratios (0.15 for Cl2, ClO2, NH2Cl, and O3; 0.4 for KMnO4), discrete
reactors with 500 mL of cell suspensions in 500 mL amber glass bottles were spiked with oxidants
for sampling at different time points. Reactors were quenched with Na2S2O3 at 20 min (or earlier
when sampled for time points before 20 min). Sample times ranged from within 1 min of oxidant
addition to either 65 or 168 h to look at the delayed release of MCs following partial pre-oxidation of
cells. Samples were collected for total and extracellular MC, chl-a or PC, and DOC. Control reactors
(no oxidant exposure; with and without Na2S2O3) were also sampled at each time point.

4.3. Sample Analyses

4.3.1. Cyanobacteria Bloom Characterization and Water Quality Parameters

Optical density at 730 nm (OD730)—used for estimating cell density of laboratory-cultured
Microcystis aeruginosa stock and suspensions—was measured using an ultraviolet-visible light
spectrophotometer (Hach DR 5000). A correlation between OD730 and cell counts was established
using a digital flow cytometer (FlowCAM, Fluid Imaging Technologies, Yarmouth, ME, USA) as
described in previous work [23]. USA bloom samples—one as collected and one preserved with 1%
Lugol’s iodine—were shipped overnight to BSA Environmental Services (Beachwood, OH, USA) for
cyanobacteria imaging, identification, and enumeration. CA bloom samples were also preserved with
1% Lugol’s iodine for identification and enumeration at Polytechnique Montréal.

DOC was measured using Standard Method (SM) 5310 B and pH by SM 4500-H+ B. Chl-a was
analyzed via SM 10,200 H (APHA, 2012). PC was measured with the Total Algae sensor on a YSI EXO2
Multiparameter Sonde (YSI, Yellow Springs, OH, USA). The sensor was blanked with deionized water
and samples were measured by relative fluorescence units (RFU) as described in past work by [44].
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4.3.2. Oxidant Residuals

Free and total chlorine residuals were measured by SM 4500-Cl G. Ozone residuals were measured
using indigo trisulfonate via SM 4500-O3 [45]. Chlorine dioxide residuals were measured by 4500-ClO2
D. Permanganate residuals were measured by SM 4500-Cl G, with 1 mg/L free chlorine measurement
equivalent to 0.891 mg/L KMnO4 [45]. Permanganate samples were first filtered with 0.22 µm pore size
polyvinylidene fluoride filters (Millex) to remove particulate manganese oxides which can interfere
with residual measurement.

4.3.3. Microcystin

For extracellular MC, samples were immediately filtered using 0.45 µm pore size glass microfiber
syringe filters (Whatman). To lyse all cells and quantify total MC, 10 mL samples were first frozen
at −20 ◦C, thawed at 25 ◦C, and sonicated for 5 min prior to filtration. Samples were sonicated with
a probe sonicator (Q500, QSonica, Newtown, CT, USA) outfitted with a 1

4 inch microtip operated at
20 kHz with 200 µm amplitude/tip displacement requiring ~30 W power. Samples were kept in an
ice bath to prevent overheating of the sample and probe. The sonication was pulsed, with 5 s on and
1 s off, until total sonication time reached 5 min. Freeze/thaw, sonication, and filtration of a control
(20 µg/L MC-LR spiked into CRW) did not cause degradation of MC-LR.

MC concentrations were measured with liquid chromatography tandem mass spectrometry
(LC-MS/MS) and enzyme-linked immunosorbent assay (ELISA). Samples were analyzed using EPA
Method 546 for total MC via ELISA. LC-MS/MS samples were analyzed for eight microcystin
congeners (MC-LA, MC-LF, MC-LR, MC-LW, MC-LY, MC-RR, MC-WR, and MC-YR) via liquid
chromatography-tandem mass spectrometry (LC-MS/MS) as described in previous work [13] with
method reporting limits (MRLs) for each congener at 0.5 µg/L.

4.3.4. Calculation of Oxidant Decay, MC Decay or Release Rates, and Cell Damage Rates

To analyze the data generated in this work, four different rate constants were calculated using
Equation (1).

C = C0 × e−kR (1)

In Equation (1), C was the concentration [total or extracellular MC (µg/L), and chl-a (µg/L) or PC
(RFU)] at a given time, C0 was the starting concentration [total or extracellular MC (µg/L), and chl-a
(µg/L) or PC (RFU) prior to oxidant exposure], and k was the oxidant decay rate [s−1 or M−1s−1]. Two
of the rates calculated employed time as R (kbiodegradation and krelease) and two used CT (ktotal for total
MC and kdamage to model cell damage) as R.

Supplementary Materials: The following are available online at http://www.mdpi.com/2072-6651/12/5/335/s1,
Figures S1–S5: Oxidant decay in the USA bloom for the five different oxidant: DOC ratios applied in this work,
Figures S6–S10: Oxidant decay in the lab-cultured M. aeruginosa in CRW for the five different oxidant: DOC
ratios applied in this work, Figure S11: Photos of USA bloom cyanobacteria. Table S1: Oxidant decay rates for
lab-cultured M. aeruginosa (lab MA) and USA bloom. Table S2: Oxidant exposure generated from the oxidant
decay rates for lab-cultured M. aeruginosa (lab MA), USA and CA blooms. Table S3: Cell damage (kdamage) and
total MC decay (ktotal) decay after oxidation (t < 20 min) in the lab-cultured M. aeruginosa.
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Abstract: The application of natural compounds extracted from seaweeds is a promising eco-friendly
alternative solution for harmful algae control in aquatic ecosystems. In the present study, the
anti-cyanobacterial activity of three Moroccan marine macroalgae essential oils (EOs) was tested
and evaluated on unicellular Microcystis aeruginosa cyanobacterium. Additionally, the possible
anti-cyanobacterial response mechanisms were investigated by analyzing the antioxidant enzyme
activities of M. aeruginosa cells. The results of EOs GC–MS analyses revealed a complex chemical
composition, allowing the identification of 91 constituents. Palmitic acid, palmitoleic acid,
and eicosapentaenoic acid were the most predominant compounds in Cystoseira tamariscifolia,
Sargassum muticum, and Ulva lactuca EOs, respectively. The highest anti-cyanobacterial activity
was recorded for Cystoseira tamariscifolia EO (ZI = 46.33 mm, MIC = 7.81 µg mL−1, and MBC = 15.62
µg mL−1). The growth, chlorophyll-a and protein content of the tested cyanobacteria were significantly
reduced by C. tamariscifolia EO at both used concentrations (inhibition rate >67% during the 6 days test
period in liquid media). Furthermore, oxidative stress caused by C. tamariscifolia EO on cyanobacterium
cells showed an increase of the activities of superoxide dismutase (SOD) and catalase (CAT), and
malondialdehyde (MDA) concentration was significantly elevated after 2 days of exposure. Overall,
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these experimental findings can open a promising new natural pathway based on the use of seaweed
essential oils to the fight against potent toxic harmful cyanobacterial blooms (HCBs).

Keywords: anti-cyanobacterial activity; bio-control; seaweed essential oils; Microcystis aeruginosa

Key Contribution: Microcystis species are among the most important worldwide freshwater
bloom-forming cyanobacteria. Seaweed essential oils were chosen for inhibitory experiment on
Microcystis aeruginosa. The inhibition rate and oxidative stress caused by C. tamariscifolia EO on
cyanobacterium cells were quite similar to that obtained by copper sulphate (CuSO4).

1. Introduction

On the grounds of climate warming and increased nutrient inputs due to anthropogenic activities,
harmful cyanobacterial blooms (HCBs) become a severe hazard for freshwater ecosystems [1–4]. Due to
the critical economic and public health issues caused by HCBs, extensive research on this topic has been
conducted aiming to disclose the detrimental effects of HCBs and mitigation strategies. Recent research
has been focused on the strategies applied in HCBs control including chemical, physical, mechanical,
and biological methods [5–7]. Cyanobacteria blooms are controlled with ultrasound, artificial mixing,
and ultraviolet irradiation in the case of physical and mechanical strategies [8–11]. Chemical products
such as photosensitizers (molecules that can be activated by light in order to generate reactive oxygen
species which may damage cell structures), metals, and other chemical molecules are among the
most commonly used chemical methods [12–14]. The introduction of grazers and competitors of
cyanobacteria, such as zooplankton, microorganisms (viruses, pathogenic bacteria, or fungi), and
macrophytes have been proposed as the most popular biomanipulation for the bio-control of toxic
cyanobacteria [15–19]. However, the application of these strategies is not recommended because of
their unforeseen ecological consequences, high costs, energy-intensive, and low efficiency [20]. In order
to develop effective anti-HCBs agents that are more eco-friendly to the environment, scientists are
looking for natural substances released by other aquatic organisms with activity against the growth of
cyanobacteria. The marine environment is an excellent source of natural bioactive compounds with
unique structures, different from those found in terrestrial natural compounds [21]. Among marine
organisms, seaweeds produce active secondary metabolites with a wide range of biological activities,
including antibacterial, antifungal, antioxidant, and anti-cyanobacterial compounds [7].

Owing to its specific geographical position, from the Mediterranean Sea to the North and the
Atlantic Ocean to the West, Morocco holds a large bio-ecological diversity of seaweeds. This diversity
was documented for instance by Chalabi et al. (2015) [22] who reported a particular richness of 489
species distributed at the Mediterranean Coast (381 species) and the Atlantic Coast (323 species). Several
compounds with anti-cyanobacterial properties have been purified from the extracts of some seaweed
species, such as palmitelaidic acid and 2,3 dihydroxypropyl ester extracted from the methanol extract
of Ulva prolifera [6], and gossonorol and margaric acid purified from Gracilaria lemaneiformis ethanolic
extract [23]. Currently and according to our knowledge, unlike the essential oils of plants and plant
parts that have been evaluated for their potential anti-cyanobacterial properties, there is no scientific
report describing the anti-prokaryotic activity of the essential oils from seaweeds [24–28]. In this
respect, the present study aims to uncover for the first time the possible inhibitory effects of essential
oils (EOs) extracted from three Moroccan seaweeds that are broadly known by their antimicrobial
activities namely Cystoseira tamariscifolia, Sargassum muticum, and Ulva lactuca, on the growth of
Microcystis aeruginosa a cyanobacteria species that commonly form HABs in Moroccan freshwaters.
In addition, this study also provides first insights regarding the anti-cyanobacterial mechanism of EOs,
analyzing the growth inhibition power through the following indicators: measurement of chlorophyll-a,
protein contents, and activity of cellular stress response enzymes of the stated strain.
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2. Results

2.1. Chemical Composition of Moroccan Seaweed EOs

The EO total content based on the dry weight of the seaweed materials are presented in Table 1.
The highest total content was achieved with the EO extracted from the green macroalgae U. lactuca
(0.187% ± 0.078%) followed by the brown seaweed S. muticum EO (0.106% ± 0.017%). While, the lowest
total content was recorded by the brown seaweed C. tamariscifolia EO (0.062% ± 0.018%).

Table 1. Total content of studied seaweed essential oils.

Species EO Total Content (%, v/w)

Ulva lactuca 0.19 ± 0.08
Sargassum muticum 0.11 ± 0.02

Cystoseira tamariscifolia 0.06 ± 0.02

The chemical composition of seaweed EOs was identified qualitatively and quantitatively by
GC-MS analysis. The content, expressed in percentage, of the individual components of each seaweed,
and retention indices, are summarized in Table 2. Forty constituents were determined in C. tamariscifolia
EO, corresponding to 59.6% from the total compounds in this species. The major components in this EO
were palmitic acid (7.7%) followed by dihydroactinidioide (6.57%), hexahydrofarnesyl acetone (5.1%),
heptadecane (4.14%), and phytol (4.1%), while other compounds were present below 4%. In total,
41 compounds (corresponding to 45.7% from the total compounds in this species) were identified in the
total S. muticum EO composition, the most predominant compounds were found to be palmitoleic acid
(7.8%), dihydroactinidiolide (6.97%) and benzeneacetaldehyde (4.62%). Whereas, the EO extracted from
U. lactuca revealed the presence of the highest number of compounds; 45 compounds (corresponding
to 55% from the total compounds in this species), with dominance of eicosapentaenoic acid (8%),
dihydroactinidioide (7.8%), and β-ionone (7.6%).

Table 2. Chemical composition of essential oils extracted from Moroccan seaweeds (%). Values in bold
represent the major compounds present in each sample.

Relative % c

Nº Compound RT (min) LRI a LRI b Ct Sm Ul

1 (E)-2-Pentenal 6.27 750 744 - - 0.086 ± 0.002
2 4-Methyl-2-pentanol 6.42 754 745 - - 0.0063 ± 0.0002
3 Toluene 6.69 763 756 - - 0.143 ± 0.004
4 Hexanal or n-Caproylaldehyde 7.92 800 801 0.196 ± 0.001 0.44 ± 0.02 0.23 ± 0.01
5 Furfural 9.24 828 828 0.19 ± 0.01 0.069 ± 0.002 -
6 4-Hexen-3-one 9.41 832 - - - 0.075 ± 0.001
7 3-Hexen-2-one 9.73 839 834 * - - 0.046 ± 0.003
8 (E)-2-Hexenal 10.17 848 846 0.085 ± 0.003 0.35 ± 0.01 0.347 ± 0.003
9 2-Furanmethanol 10.37 852 853 * 0.57± 0.01 - -
10 1-Hexanol 11.11 868 863 - 0.063 ± 0.005 0.023 ± 0.001
11 4-Cyclopentene-1,3-dione 11.67 880 880 * 0.6 ± 0.01 0.02 ± 0 -
12 2-Heptanone 12.05 888 889 - 0.029 ± 0.001 0.35 ± 0.01
13 cis-4-Heptenal 12.47 897 893 - 0.115 ± 0.005 0.28 ± 0.01
14 n-Heptanal 12.57 900 901 0.29 ± 0.01 0.136 ± 0.003 0.293 ± 0.002
15 Acetylfuran 12.99 908 909 0.2 ± 0.005 0.176 ± 0.002 -
16 2-Cyclohexen-1-one 13.98 927 927 * 0.102 ± 0.002 - -
17 α-Pinene 14.20 931 932 - 0.0151 ± 0.0001 -
18 Cyclohexen-2-one 14.22 931 - - - 0.07 ± 0.001
19 Hept-3-en-2-one 14.37 934 927 - 0.038 ± 0.004 0.052 ± 0.003
20 Benzaldehyde 15.00 956 952 0.31 ± 0.01 0.38 ± 0.01 0.569 ± 0.004
21 5-Methyl-furfural 15.71 960 957 0.737 ± 0.001 0.988 ± 0.02 3.39 ± 0.05
22 3,5,5-Trimethyl-2-hexene 16.47 975 - - - 0.192 ± 0.004
23 1-Octen-3-ol 16.63 978 974 0.103 ± 0.004 0.2036 ± 0.0001 -
24 2-methyl-3-Octanone 16.91 983 985 * - 0.318 ± 0.004 -
25 6-Methyl-5-heptene-2-one 16.99 985 986 * - 0.056 ± 0.004 -
26 3-Methyl-3-cyclohexen-1-one 17.00 985 - - - 0.69 ± 0.02
27 Octanal 17.81 1000 998 0.206 ± 0.003 - -

199



Toxins 2020, 12, 527

Table 2. Cont.

Relative % c

Nº Compound RT (min) LRI a LRI b Ct Sm Ul

28 Pyrrole-2-carboxaldehyde 18.12 1006 1008 * - 0.17 ± 0.01 -
29 (E,E)-2,4-Heptadienal 18.16 1007 1005 0.29 ± 0.01 0.09 ± 0.01 0.466 ± 0.003
30 4-Oxohex-2-enal 19.49 1033 - 1.43 ± 0.03 -
31 2,2,6-Trimethyl-Cyclohexanone 19.56 1034 1036 * - - 0.83 ± 0.04
32 Benzeneacetaldehyde 19.93 1041 1036 1.9 ± 0.03 4.62 ± 0.04 0.822 ± 0.003
33 γ-Hexalactone 20.39 1050 1047 - 0.42 ± 0.01 1.14 ± 0.01
34 2,4,4-Trimethyl-2-cyclohexen-1-ol 20.42 1051 - 0.65 ± 0.01 - -
35 (E)-2-Octenal 20.66 1055 1049 0.104 ± 0.001 0.149 ± 0.01 -
36 (R)-3,5,5-Trimethylcyclohex-3-en-1-ol 21.09 1063 - - - 0.187 ± 0.003
37 3-Methyl-benzaldehyde 21.27 1067 1064 - - 0.26 ± 0.01
38 1-Octanol 21.39 1069 1063 0.23 ± 0.004 - -
39 3,5-Octadien-2-one 22.60 1093 1093 - - 0.63 ± 0.02
40 Phenylethyl Alcohol 23.49 1110 1115 * - 1.14 ± 0.02 -
41 Isophorone 23.95 1120 1118 - - 0.51 ± 0.01
42 4-Oxoisophorone 25.01 1141 1142 * 0.29 ± 0.01 0.813 ± 0.005 0.341 ± 0.01
43 Isomenthone 25.56 1152 1162 * - 0.485 ± 0.003 -
44 2,6-Nonadienal, (E,Z) 25.61 1153 1150 - - 0.35 ± 0.005
45 (E)-2-Nonenal 25.81 1157 1157 0.279 ± 0.005 - -
46 1-Phenyl-1-propanone 26.19 1165 - - - 0.49 ± 0.01
47 2,2,6-Trimethyl-1,4-cyclohexanedione 26.33 1167 - - - 0.274 ± 0.003
48 2,4-Dimethyl-benzaldehyde 26.67 1175 1175 * - - 0.305 ± 0.01
49 1-(4-Methylphenyl)-ethanone 27.02 1181 1182 0.43 ± 0.01 - -
50 p-Methylacetophenone 27.15 1184 1179 - - 0.54 ± 0.03
51 Safranal 27.82 1198 1197 0.97 ± 0.01 - 1.8 ± 0.1
52 β-Cyclocitral 28.84 1219 1219 - 0.479 ± 0.001 0.614 ± 0.002
53 Ethylmethylmaleimide 29.67 1237 1234 1.562 ± 0.03 3.69 ± 0.03 0.59 ± 0.01
54 Pulegone 29.73 1238 1233 - 0.375 ± 0.003 -

55 2,6,6-Trimethyl-1-Cyclohexene-
1-acetaldehyde 30.70 1259 1253 * - - 0.53 ± 0.01

56 2,3,6-Trimethyl-7-octen-3-ol 31.53 1277 - - 1.846 ± 0.01 -
57 Indole 32.47 1297 1290 - - 1.026 ± 0.003
58 Carvacrol 32.69 1302 1298 0.98 ± 0.02 - -
59 γ-Amylbutyrolactone 35.29 1361 1362 * - 1.03 ± 0.02 -
60 Capric acid 35.97 1376 - 1.15 ± 0.02 - -

61 Fumaric acid, ethyl 2-methylallyl
ester 36.27 1383 - - 1.45 ± 0.03 -

62 β-Caryophyllene 37.91 1421 1417 - 0.02 ± 0.004 -
63 α-Ionone 38.22 1428 1428 3.23 ± 0.02 3.07 ± 0.03 1.1 ± 0.01
64 Nerylacetone 39.27 1454 1434 - - 0.26 ± 0.01
65 β-Ionone 40.88 1492 1488 1.3 ± 0.03 - 7.6 ± 0.2
66 Dihydroactinidiolide 42.49 1536 1538 * 6.577 ± 0.004 6.971 ± 0.003 7.8 ± 0.2
67 Lauric acid 43.66 1562 1565 2.9 ± 0.1 0.49 ± 0.01 1.2 ± 0.1

68 Fumaric acid, ethyl 2-Methylallyl
ester 44.46 1583 - - - 3.0 ± 0.1

69 Tridecanoic acid 47.61 1666 1662 - - 0.1979 ± 0.0003
70 3-Keto-β-ionone 47.77 1670 1661 * - 1.29 ± 0.02 -

71 4-(4-hydroxy-2,2,6-trimethyl-7-oxabicyclo
[4.1.0]hept-1-yl)-3-Buten-2-one 48.40 1687 1690 - 1.2 ± 0.1 -

72 Heptadecane 48.77 1697 1700 4.14 ± 0.04 - -
73 Pentadecanal 49.37 1711 1713 - - 0.27 ± 0.01
74 Myristic acid 50.61 1769 1765 * 2.2 ± 0.1 2.16 ± 0.01 1.855 ± 0.001
75 Pentadecanoic acid 51.81 1820 1869 - - 0.121 ± 0.004
76 Hexahydrofarnesyl acetone 52.07 1847 - 5.1 ± 0.1 - -
77 2-Pentadecanone, 6,10,14-trimethyl 52.11 1843 1847 - - 0.23 ± 0.01

78 Methyl
4,7,10,13-hexadecatetraenoate 52.68 1885 - - - 0.15 ± 0.01

79 Eicosane 52.80 1895 - 0.22 ± 0.02 - -
80 Palmitoleic acid 53.41 1948 1953* - 7.8 ± 0.1 -
81 Eicosapentaenoic acid 53.57 1962 - - - 8.0 ± 0.2
82 Palmitic acid 53.64 1968 1959 7.7 ± 0.1 0.73 ± 0.01 2.887 ± 0.02
83 Phytol 55.00 2113 2111 * 4.1 ± 0.1 0.38 ± 0.03 0.23 ± 0.01
84 Linolenic acid 55.36 2159 2134 * - - 1.2 ± 0.1
85 Eicosanal 55.83 2223 2224 0.7 ± 0.1 - -
86 1-Hexacosanol 56.25 2283 2906 1.39 ± 0.05 - -
87 Henicosanal 56.52 2325 2329 0.89 ± 0.04 - -
88 Docosanal 57.15 2427 2434 1.38 ± 0.04 - -
89 1-Docosanol 57.51 2488 2470 2.423 ± 0.004 - -
90 Tricosanal 57.75 2529 2534 2.8 ± 0.1 - -
91 Bis (2-ethylhexyl) phthalate 57.95 2562 2550 * - - 0.5 ± 0.1

Total identified (%) 59.6 ± 0.1 45.7 ± 0.1 55 ± 1
Not identified (%) 40.4 ± 0.1 54.3 ± 0.1 45 ± 1

a LRI, linear retention index determined on a DB-5 MS fused silica column relative to a series of n-alkanes (C8–C40).
b Linear retention index reported in literature (Adams, 2017). c Relative % is given as mean ± SD, n = 3. * NIST
Standard Reference Database 69: NIST Chemistry WebBook. Ct. Cystoseira tamariscifolia; Sm. Sargassum muticum;
Ul. Ulva lactuca.
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2.2. Screening of Anti-Cyanobacterial Activity

The potential anti-cyanobacterial properties of seaweed EOs was evaluated qualitatively using
the disk diffusion methods. After 1 week of incubation, the inhibition zones were measured and
the results are presented in Table 3 and Figure 1. The results show that the tested green macroalgae
U. lactuca did not reveal any inhibitory activity against M. aeruginosa, while both brown algae showed
algicidal activity against the tested cyanobacteria. The most relevant activity was observed with
C. tamariscifolia EO with zones of inhibition greater than 46 mm. Notably, the growth inhibition
of C. tamariscifolia EO was approximately similar to the positive control, copper sulphate (CuSO4),
that presented a growth inhibition diameter of 45.3 mm. Furthermore, S. muticum EO showed
moderate activity (zone of inhibition was 32 mm). The activity of seaweed EOs against M. aeruginosa
was determined quantitatively by means of broth microdilution technique. Calculation of minimal
inhibitory concentrations (MIC) and minimal bactericidal concentrations (MBC) was performed after
1 week of incubation and the results are summarized in Table 4. CuSO4 as positive control displayed
a high potency (MIC = MBC = 3.12 µg mL−1). The greatest effectiveness was achieved with the
EO extracted from C. tamariscifolia, with MIC being equal to 7.81 µg mL−1 and the MBC equal to
15.62 µg mL−1. Whereas, S. muticum EO showed a moderate potency with MIC and MBC values of
62.5 and 125 µg mL−1, respectively.

Table 3. Inhibition-zone diameters, minimal inhibitory concentrations (MIC) and minimal bactericidal
concentrations (MBC) of Moroccan seaweed essential oils (EOs).

Treatments Inhibition Zone (mm) MIC (µg mL−1) MBC (µg mL−1)

C. tamariscifolia 46.3 ± 0.6 *** 7.81 15.62
S. muticum 32.3 ± 0.6 *** 62.5 125
U. lactuca n.a n.a n.a

CuSO4 45.3 ± 0.6 *** 3.12 3.12
DMSO n.a n.a n.a

Each value representing mean ± SD of six replicates, *** p < 0.001 indicates significant differences compared with
DMSO, n.a not active.

− − − − − −
μ −

μ −

 

μ −

μ − μ −

μ − −
μ

−

Figure 1. Anti-cyanobacterial activity of the active tested EOs against M. aeruginosa on solid media.
(A) C. tamariscifolia; (B) Sargassum muticum.
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Table 4. Inhibitory rate of Cystoseira tamariscifolia EO on Microcystis aeruginosa.

Treatments

Inhibition Rate (%)

Time (Days)

1 2 3 4 5 6

MIC 68.0 ± 0.4 *** 87.6 ± 0.4 *** 90.2 ± 0.5 *** 95.4 ± 0.1 *** 96.16 ± 0.08 *** 97.85 ± 0.05 ***
MBC 74 ± 1 *** 89.9 ± 0.2 *** 94.4 ± 0.3 *** 97.8 ± 0.1 *** 98.81 ± 0.07 *** 99.24 ± 0.07 ***

CuSO4 71 ± 2 *** 88.9 ± 0.2 *** 94.12 ± 0.07 *** 97.54 ± 0.05 *** 98.5 ± 0.02 *** 98.87 ± 0.01 ***
DMSO −0.3 ± 0.5 −0.08 ± 1.67 −0.15 ± 0.39 −1.0 ± 0.6 −1 ± 2 −1.1 ± 0.9

MIC: minimum inhibitory concentration of C. tamariscifolia EO (7.81 µg mL−1) and MBC: minimum bactericidal
concentration of C. tamariscifolia EO (15.62 µg mL−1). Each value representing mean ± SD of three replicates,
*** p < 0.001 indicate significant differences compared with DMSO.

2.3. Physiological Effects of C. tamariscifolia EO on M. aeruginosa

2.3.1. Inhibitory and Growth Rates of C. tamariscifolia EO on Tested Cyanobacteria

The physiological effects caused by the action of the essential oil on the cyanobacteria cells
were accessed only for the seaweed EO that showed the highest activity on the qualitative assay
(Table 3 and Figure 1). The algicidal effects of C. tamariscifolia EO at the MIC and MBC concentrations
(7.81 and 15.68 µg mL−1, respectively) against M. aeruginosa are shown as the inhibition and growth
rates in Table 4 and Figure 2. The results indicate that C. tamariscifolia EO had a significant inhibitory
effect on the tested cyanobacteria compared with the negative control (DMSO), which did not show
any inhibitory effect. On the first day of the experience, C. tamariscifolia EO showed strong growth
inhibition for both tested concentrations in a concentration-dependent way. The IR was 67.95% ± 0.38%
and 73.93% ± 0.98% at the MIC (7.81 µg mL−1) and MBC (15.68 µg mL−1), respectively. Thereafter, the
inhibition rates increased and set at more than 85% along the experiment, for both used concentrations.
The maximum IR was recorded at the last day of treatment with IR of 99.24% ± 0.07% at the MBC
concentration. The generation time of M. aeruginosa was 1.23/day with the growth rates of 0.75/day
under standard culturing conditions and negative control treatment. Under treatment with CuSO4, the
growth rate and the generation time of the tested cyanobacteria decreased significantly with µ value of
−0.18/day and generation time of −3.77/day. The C. tamariscifolia EO revealed a strong effect on the
growth of M. aeruginosa at both tested concentration (the µ value was less than −0.08/day).

Figure 2. Effect of MIC and MBC, C. tamariscifolia EO on the growth rate of M. aeruginosa. MIC: minimum
inhibitory concentration and MBC: minimum bactericidal concentration. Each value representing
mean ± SD of three replicates. *** p < 0.001 indicate significant differences compared with the
untreated culture.

202



Toxins 2020, 12, 527

2.3.2. Morphological Changes of M. aeruginosa Cells

The visual observation of the tested unicellular M. aeruginosa cultures under C. tamariscifolia EO at
both used concentrations showed that after 3 days of exposure, a blue color appeared in the treated
groups and became colorless after the fifth day of treatment. While, microscope observation at a
magnification of ×40 showed that the unicellular cyanobacteria strain becomes colonial on the second
day of treatment under stress with C. tamariscifolia EO. Moreover, similar morphological changes were
also observed under treatment with the positive control (CuSO4) (Figure 3).

 

Figure 3. Micrographs of M. aeruginosa (Gr. × 40) (A) At the first day of treatment; (B) untreated culture
at the end of treatment; (C) culture under treatment with C. tamariscifolia EO at second day of the
experience; (D) culture under treatment with CuSO4 at second day of the experience.

2.3.3. Effects of C. tamariscifolia EO on M. aeruginosa Chlorophyll-a and Protein Contents

To explore whether chlorophyll-a synthesis of the treated cells was inhibited by C. tamariscifolia
EO, the chlorophyll-a content of M. aeruginosa cells after exposure to C. tamariscifolia EO are shown
in Figure 4. At the first day of experience, the chlorophyll-a content was the same at all treatments
(including control). With exposure time, the chlorophyll-a content increased significantly for the
untreated culture and the negative control. While, M. aeruginosa chlorophyll-a content was significantly
decreased by both used concentrations of C. tamariscifolia EO. Compared to CuSO4 used as positive
control, C. tamariscifolia EO recorded a similar effect on M. aeruginosa chlorophyll-a content during the
6 days of experiment.
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Figure 4. Effect of C. tamariscifolia EO on M. aeruginosa chlorophyll-a concentration. Results are
presented as mean ± SD of three independent assays (*** indicates p < 0.001 relative to the untreated
culture by ANOVA).

To investigate the effects of C. tamariscifolia EO on M. aeruginosa cells, the protein content of
M. aeruginosa cells was determined after exposure to C. tamariscifolia EO, and the results are shown
in Figure 5. Similar to chlorophyll-a, for the untreated culture and the negative control, the protein
content increased significantly with exposure time. On day 2, the differences in protein content for
the MIC and MBC concentrations of C. tamariscifolia EO were significantly different, compared with
the negative control (untreated culture and DMSO). Similar results were recorded on days 4 and 6,
C. tamariscifolia EO (at both used concentrations) and CuSO4 (positive control) recorded a significant
reducing effect on the protein content of M. aeruginosa cells. Furthermore, the protein contents were
highly coherent with the cell density and the chlorophyll-a results.

Figure 5. Effect of C. tamariscifolia EO on M. aeruginosa protein content. Results are presented as mean
± SD of three independent assays (*** indicates p < 0.001 relative to the untreated culture by ANOVA).

204



Toxins 2020, 12, 527

2.3.4. Effects of C. tamariscifolia EO Superoxide Dismutase (SOD) and Catalase (CAT) Activities and
Malondialdehyde (MDA) Concentration in M. aeruginosa Cells

In order to determine whether the cellular oxidative defense system was activated, the superoxide
dismutase (SOD) activity, as the first defense against Reactive Oxygen Species (ROS) among antioxidant
systems, which catalyzes the superoxide anion into H2O2 and O2, was investigated (Figure 6A).
The results demonstrate that the differences in the SOD activities in cyanobacterial cells between control
and treatment groups were significant and visible from the second day of treatment. From the second
day of experiment, the SOD activity under the MBC concentration (15.62 µg mL−1) of C. tamariscifolia
EO treatment became higher than the positive control (CuSO4) and reached the peak of 150.25 U/mg
protein. Thereafter, the SOD activity began to decrease gradually in the following time in the control
and treatment groups.

μ −

μ −

μ −

μ −

μ
−

Figure 6. Superoxide dismutase (SOD) (A) and catalase (CAT) (B) activities in M. aeruginosa cells after
treatment with C. tamariscifolia EO. Results are presented as mean ± SD of three independent assays
(*** indicates p < 0.001 relative to the untreated culture by ANOVA).

The second defense against reactive oxygen species (ROS) is catalase (CAT), which can convert
H2O2 into H2O and directly eliminates H2O2 in the peroxisome. As shown in Figure 6B the CAT
activity in M. aeruginosa cells exposed to C. tamariscifolia EO exhibited a significant increase, while
the CAT activity in the untreated culture and the negative control remained unchanged over time.
The differences between treated and control groups were apparent from the second day of treatment.
The CAT activity at 15.62 µg mL−1 of C. tamariscifolia EO (MBC concentration) was higher than that
at 7.81 µg mL−1 of C. tamariscifolia EO (MIC concentration); however, the differences between them
were not significant. After 4 days of exposure, the activity of CAT greatly increased and reached a
maximum value with the exposure to 15.62 µg mL−1 C. tamariscifolia EO. At the sixth day of treatment,
the CAT activity with C. tamariscifolia EO decreased but was still significantly different compared with
the untreated culture.

Malondialdehyde (MDA, the final product of lipid peroxidation) was used as an indicator of
lipid peroxidation, as indicated in Figure 7, the MDA content increased significantly at both tested
concentrations of C. tamariscifolia EO from the second day of treatment. While, the MDA level in the
negative control groups remained unchanged over time. After 48 h of exposure, 15.62 and 7.81 µg mL−1

C. tamariscifolia EO induced an increase in MDA compared with the control. The MDA concentrations
increased with the increased concentration of C. tamariscifolia EO. The maximal MDA value was
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94 µmol/L at day 4 of treatment with 15.62 µg mL−1 C. tamariscifolia EO, which was 4.95 times higher
than that in the negative control groups.

μ μ −

Figure 7. Malondialdehyde (MDA) concentration in M. aeruginosa cells after treatment with
C. tamariscifolia EO. Results are presented as mean ± SD of three independent assays (*** indicates
p < 0.001 relative to the untreated culture by ANOVA).

3. Discussion

Seaweeds are one of the most primitive and dominant organisms in aquatic ecosystems. They could
provide an eco-friendly approach for HCBs control due to their ability to produce a large range of
bioactive compounds [7,29,30]. Therefore, we proceeded to assess the anti-cyanobacterial activity
of three Moroccan seaweed EOs. To the best of our knowledge, the present study constitutes the
first attempt to extract and characterize Moroccan seaweed EOs. The total content percentage of
Moroccan seaweed EOs was lower compared to that reported previously by Patra et al. (2017a, 2015)
and Patra and Baek (2016a, 2016b) [31–34] who found that the total content of seaweeds collected from
the Korean coast was usually higher than 0.26%. This difference in seaweed total content percentage
could be due to the geographical locations, the species used, harvesting time, and the used extraction
method. An important richness and variability of compounds was observed after seaweed EOs
chemical analysis. Among the total of 91 compounds identified in the three selected algal EOs, 14
compounds showed to belong to the terpenes group. In general, terpenoids are compounds that have
been associated with several bioactive properties, including antimicrobial activity [35].

The most abundant constituents in the two brown seaweeds C. tamariscifolia and S. muticum EOs
were fatty acids, namely palmitic acid and palmitoleic acid, respectively. Previous studies on EOs from
other species of seaweeds have shown the presence of hexadecenoic acid (palmitoleic acid). In particular,
Patra et al. (2017a) [36] reported the presence of this unsaturated fatty acid as one of the main compounds
(22.39%) of the brown edible seaweed Undaria pinnatifida EO collected from the Korean coast. A high
content of palmitic acid (9.2% and 16.57%) was also found by Patra et al. (2017b, 2015a) [31,37] on
Porphyra tenera and Laminaria japonica EOs, respectively. Previously, the EO composition of seaweed
species of Cystoseira genus, other than C. tamariscifolia, has been described. Ozdemir et al. (2006) [38]
reported that the brown seaweed C. barbata EO (Cystoseira genus) consists of several compounds different
from those we have determined in C. tamariscifolia EO, such as docosane (7.61%), tetratriacontane
(7.47%), eicosane (5.05%), tricosane (4.43%), hexadecane (4.16%), and heptadecane (1.35%) as major
compounds. Additionally, 1-chloro-2,2-diethoxyethane (21.5%), 2,3-butanediol (6.5%), chloroacetic
acid (3.7%), and 1,1-dichloro-2,2-diethoxyethane (2%) were identified in the volatile compounds
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composition of C. crinite (Cystoseira genus) collected from the eastern Mediterranean [39]. Nevertheless,
it should be noticed that research on the chemical composition of seaweed EOs is still very scarce.
Regarding the chemical composition of the green macroalgae U. lactuca EO, the polyunsaturated
fatty acid eicosapentaenoic acid (8%) was the most dominant constituent. The presence of other
polyunsaturated fatty acids, such as cis- and trans-5,8,11,14-eicosatetraenoic acids were also detected
in the Dictyopteris polypodioides EO collected from the Algerian coast [40].

Among the identified compounds, some terpenes such as β-caryophyllene (0.02%) and α-pinene
(0.015%) were only found in minor amounts, while others such as dihydroactinidiolide (6.6–7.8%),
β-Ionone (not detected to 7.6%), and phytol (0.23–4.1%) were present in higher amounts. Terpenes such
as safranal and others have been recently reported in the essential oil extracted from the brown algae
D. polypodioides [40]. Similarly, the presence of the terpenic compounds dihydroactinidiolide, β-Ionone
and phytol has been previously described in marine algae [41]. Besides terpenes, several compounds
belonging to different groups such as alcohols, aldehydes, and ketones were present in minor amounts.
The presence of such compounds is in good agreement with Gressler et al. (2009) [41], who mentioned
the ability of marine algae to produce a wide range of metabolites including hydrocarbons, terpenes,
fatty acids, esters, alcohols, aldehydes, and ketones.

The qualitative screening using the paper disk diffusion method in solid medium demonstrated that
the green macroalgae U. lactuca did not show any inhibitory activity against the tested Gram-negative
bacteria M. aeruginosa. These results are in good agreement with those found by Zerrifi et al. (2019) [30]
who investigated the anti-cyanobacterial activity of U. lactuca methanolic extract collected from the
Moroccan coast. Their results showed that the U. lactuca extract also did not have an effect against
M. aeruginosa. Similar results were obtained by Salvador et al. (2007) [42] who reported that the
seaweeds of the genus Ulva did not show antibacterial activity against any assayed Gram-negative
bacteria. On the contrary, Mishra (2018) [43] observed that methanol, butanol, and ethyl acetate extract
of U. lactuca display moderate activity against Pseudomonas aeruginosa. Additionally, Begum et al.
(2018) [44] reported that the methanolic extract of U. reticulate (Ulva genus) revealed the maximum
inhibitory activity against Gram-negative bacteria P. aeruginosa. Furthermore, we found that S. muticum
EO showed a strong activity against M. aeruginosa (32.33 mm). Our results are in agreement with
those found by Kumaresan et al. (2018) [45] who investigated the antimicrobial activity of S. wightii
(Sargassum genus) aqueous extract and showed that this extract had an important antibacterial activity
against Gram-negative bacteria Escherichia coli with inhibition zone of 13 mm. Sujatha et al. (2019) [46]
observed that S. swartzii ethanolic extract exhibited a high antibacterial activity against Gram-negative
bacteria. S. muticum extract was active against Enterobacter aerogenus, Proteus vulgaris, Salmonella
typhymurium, and Salmonella paratyphi [47]. In what concerns the activity against M. aeruginosa,
Zerrifi et al. (2019) [30] evaluated the methanolic extract of S. muticum, which did not reveal any
inhibiting capacity, most probably due to the different chemical composition between the methanolic
extract and that obtained by hydrodistillation. As mentioned, in the present study the highest activity
was recorded for C. tamariscifolia EO (46.33 mm). However, this finding is in disagreement with those
found by Farid et al. (2009) [48]. These authors investigated the antibacterial activities of C. tamariscifolia
collected from Morocco, and their results suggest that C. tamariscifolia dichloromethane/methanol extract
did not show antimicrobial activity against the Gram-negative bacteria assayed (E. coli). Salvador et al.
(2007) [42] observed that C. tamariscifolia extract did not inhibit the growth of any tested Gram-negative
bacteria. On the other hand, Ozdemir et al. (2006) [38] reported that the volatile oil of the genus
Cystoseira recorded a moderate effect on the tested Gram-negative bacteria (7 mm against E. coli and
S. typhimurium). Contrarily, Zerrifi et al. (2019) [30] observed that C. tamariscifolia extract conferred an
important activity against Gram-negative bacteria M. aeruginosa with inhibition zone equal to 13.33 mm.
In another report, Chiheb et al. (2009) [49] reported that different Cystoseira species show a potent
antibacterial activity against tested Gram-negative bacteria Salmonella typhi, E. coli, P. aeruginosa, and
Klebsiella sp. Ainane et al. (2014) [50] found that C. tamariscifolia extract produce interesting zones of
inhibition against both tested Gram-negative bacteria, Enterobacter cloacae and Klebsiella‘pneumoniae
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(inhibition diameter between 10 and 15 mm). Likewise, a recent study showed the high antibacterial
activity against Gram-negative bacteria of another species of the Cystoseira genus (C. mediterranea) [51].

The quantitative screening using the broth microdilution technique confirmed the results of the
qualitative assay since C. tamariscifolia EO achieved the greatest effectiveness against M. aeruginosa
(MIC = 7.81 µg mL−1 and MBC = 15.62 µg mL−1). These results are in accordance with those reported
earlier by Wang et al. (2015, 2014) and Zerrifi et al. (2020) [27,28,52] who found that other EOs also
showed a high activity against the toxic cyanobacteria M. aeruginosa. Our results in the liquid medium
revealed that C. tamariscifolia EO recorded a significant anti-cyanobacterial activity against the toxic
cyanobacteria M. aeruginosa with a percentage inhibition of more than 67%. Several studies were
conducted to investigate growth inhibition by EOs extracted from many aquatic and terrestrial plants
and solvent extract of seaweeds on M. aeruginosa. Wang et al. (2014) [52] reviewed the anti-cyanobacterial
activity of two emergent plant EOs (Typha latifolia and Arundo donax) on M. aeruginosa. The authors
reported inhibition rates of more than 40% at 50.0 mg L−1 of both tested EOs. The Rosmarinus officinalis
EO recorded significant growth inhibition against M. aeruginosa [25]. Moreover, Wang et al. (2015) [27]
showed that the growth of M. aeruginosa was strongly inhibited by Vallisneria spinulosa EO at 50.0 mg L−1

with an inhibition rate equal to 41.7%. Xian et al. (2006) [53] found that Ceratophyllum demersum EO
composed of fatty compounds, terpenoids, and phenolic compounds, recorded a high inhibitory activity
on M. aeruginosa growth. Furthermore, Zerrifi et al. (2019) [30] tested the effect of C. tamariscifolia
methanolic extract on the growth of M. aeruginosa. Their results show that the reached inhibition
rates were higher than 49% after the first day of treatment at 0.6 mg L−1. The morphological changes
observed in M. aeruginosa culture in this study are quite similar to those observed by Harada et al.
(2009), Huang et al. (2002), and Zerrifi et al. (2020) [28,54,55]. The chlorophyll-a and protein content
that reflect M. aeruginosa growth, was decreased after C. tamariscifolia EO treatment. This decrease could
be related to malfunctions of normal physiological metabolism in cyanobacterial cells (e.g., disruption
of Photosystem I and destruction of Photosystem II) [56,57]. The mentioned changes can be related to
the chemical composition of C. tamariscifolia EO, namely to the presence, although in low amounts, of
several terpenoids, including oxygenated compounds such as alcohols and aldehydes. Besides, the
possibility of synergisms, between the more abundant terpenoids, such as dihydroactinidiolide (6.57%)
and hexahydrofarnesyl acetone (5.1%) with compounds present in minor amounts, should also be
considered. Finally, all the three studied seaweeds presented a very complex composition, with a large
abundance of compounds, several of which were not possible to be identified by the used technique
(GC-MS). Some of those unidentified compounds can possibly explain the different activity observed
for the three samples.

The activation of SOD and CAT activities were responsible for the protection of M. aeruginosa cells
against oxidative exposure (eliminate ROS or reduce damaging effects). Our finding of SOD and CAT
activities in M. aeruginosa were also observed in response to glyphosate treatment [58]. Meng et al.
(2015) [59] observed a significant increase in the SOD activity of M. aeruginosa exposed to different
concentrations of Ailanthus altissima extract. Similar results are also found from other treatments,
such as rice straw aqueous extract [60], heptanoic acid and benzoic acid [61], fenoxaprop-p-ethyl [62],
17b-estradiol [63], and juglone (5-hydroxy-1,4-naphthoquinone) [64] on M. aeruginosa. The last product
of lipid peroxidation is MDA, which is an indicator of oxidative stress [65]. The increase of MDA
concentration is in agreement with Zhang et al. (2017) [66] who detected a significant increase in
MDA levels of M. aeruginosa exposed to 5 and 10 mg L−1 of glufosinate, comparing to control, 0.5, and
1 mg L−1, indicates the occurrence of damage to the lipid membranes. The treatment of M. aeruginosa
cells with pyrogallol (polyphenol) caused lipid peroxidation and altered MDA levels [67]. Contrariwise,
Xie et al. (2019) [68] found that the MDA concentrations on M. aeruginosa cells showed no apparent
change under napropamide and acetochlor treatments.
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4. Conclusions

After screening of EOs extracted from Moroccan seaweeds for their anti-cyanobacterial activity, our
results revealed that marine macroalgae EOs are potential producers of anti-cyanobacteria compounds.
Consequently, they should be subject to a comprehensive study as natural sources of bioactive
substances. Accordingly, to better understand the potential effects and the mechanisms of action of the
studied EOs on M. aeruginosa, the search of the active EOs major components effects on M. aeruginosa
will be the next step of our research. Moreover, further research will need to be conducted using other
seaweeds and/or phytoplankton species in macrocosms and natural field conditions, studying the
toxicity, nature, and stability of the compounds and their potentially synergistic interactions in the
aquatic ecosystem.

5. Materials and Methods

5.1. Seaweed Material Sampling and Extraction of Essential Oils (EOs)

Three seaweed species were selected for the study: C. tamariscifolia (Phaephyceae, Sargassaceae),
S. muticum (Phaephyceae, Sargassaceae), and U. lactuca (Ulvophyceae, Ulvaceae). These macro-algae
were harvested from two Moroccan coastal regions (Table 5).

Table 5. Date of harvesting and location of the Moroccan seaweeds studied.

Species Species Code Harvesting Place
Date of

Harvesting
Latitude/Longitude

C. tamariscifolia Ct Souiria Laqdima February 2019 N 32◦03′04.6”/
W 9◦20′30.2”

S. muticum Sm El jadida April 2019 N 3◦15′45.9”/
W 8◦30′03.4”

U. lactuca Ul El jadida March 2019 N 3◦15′45.9”/
W 8◦30′03.4”

The samples were rinsed with seawater and distilled water to remove debris. After identification
of each species according to their morphological and histological features [69], seaweed materials
were dried in the shade at room temperature (≈25 ◦C) and subjected to hydro-distillation, using
a Clevenger-type apparatus for 3 h until total recovery of oil. The EOs obtained were dried over
anhydrous sodium sulfate and stored at 4 ◦C in the dark.

5.2. Gas Chromatography/Mass Spectrometry (GC/MS) Analyses

The seaweed essential oils were analyzed by GC-MS following a protocol previously described by
Falcão et al. (2018) [70]. Analyses were performed in a GC-2010 Plus (Shimadzu, Kioto, Japan) gas
chromatography system equipped with a AOC-20iPlus (Shimadzu, Kioto, Japan) automatic injector, a
SH-RXi-5ms column (30 m × 0.25 mm × 0.25 µm; Shimadzu, Kioto, Japan), and a mass spectrometry
detector, operated using an injector temperature of 260 ◦C and the following oven temperature profiles:
an isothermal hold at 40 ◦C for 4 min, an increase of 3 ◦C/min to 175 ◦C, followed by an increase
of 15 ◦C/min to 300 ◦C and an isothermal hold for 10 min. The transfer line temperature was set
at 280 ◦C and the ion source at 220 ◦C; the carrier gas, helium, was adjusted to a linear velocity of
30 cm/s; the ionization energy was 70 eV, the scan range was set at 35–500 u, with a scan time of 0.3 s.
A quantity of 1 µL of each sample diluted in n-hexanewas injected using the split injection mode at
1:10. The identification of the essential oil components was carried out by comparison of the obtained
spectra with those from the NIST17 mass spectral library and by determining the linear retention index
(LRI) based on the retention times of an n-alkanes mixture (C8–C40, Supelco, Darmstadt, Germany).
When possible, comparisons were also performed with commercial standard compounds and with
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published data. Compounds were quantified as relative percentage of total volatiles using relative
peak area values obtained from total ion current (TIC).

5.3. Screening for Anti-Cyanobacterial Activity

5.3.1. Cyanobacteria Strain

In this study, the cyanobacteria strain M. aeruginosa was sampled from the eutrophic reservoir
Lalla Takerkoust (31◦21′36” N; 8◦7′48” W), Morocco, in bloom period (October 2017) and then the
strain was isolated, separated into single cells, and maintained in culture in BG11 medium under a
controlled culture chamber endowed with the following conditions: temperature of 26 ± 2 ◦C, light
intensity of 63 µmol m−2 s−1, and a light/dark cycle of 15 h/9 h [30].

5.3.2. Disc Diffusion Method

In vitro anti-cyanobacterial activity of seaweed EOs of each of the three algae was evaluated using
the agar diffusion method [71]. The suspension of tested M. aeruginosa, containing about 108 cells/mL
using a Malassez counting cell, was spread on BG11 medium with 4% of agarose. Subsequently, 10 µL
of each EO and CuSO4, prepared at a concentration of 50 µg mL−1 in ultrapure water, as positive
control was dropped on sterile filter paper discs, 6 mm in diameter (Whatman no. 1, Little Chalfont,
UK) and placed on the agar surface. Before incubation in the culture chamber under the described
condition, all treated plates were stored in a refrigerator at 4 ◦C for more than 4 h to prevent the
cyanobacteria growth and allow the diffusion of the bioactive substances contained in the EOs into the
medium. Each experiment was repeated six times to statistically confirm the results.

5.3.3. Determination of the Minimum Inhibitory Concentration (MIC) and Minimum Bactericidal
Concentration (MBC)

The determination of the MIC values of the EOs that showed activity in the disc diffusion assay, was
carried out in a 96-well microplate using the microdilution assay according to the NCCLS guidelines
M7-A4 [72]. The MIC values represent the lowest EO concentration that prevents the cyanobacteria
growth. Succinctly, 200 µL of tested cyanobacteria culture with density of 3 × 106 cells/mL (exponential
growth phase) was added to each microplate well. The EOs were dissolved in DMSO (1%) and added
to the tested culture to obtain final concentrations from 4000 to 1.953 µg mL−1. Subsequently, the
prepared microplates were incubated for 5 days under the described controlled conditions in the culture
chamber. In order to determine the MBC values, which represent the lowest EOs concentration that
induces 100% cell death of incubated cyanobacteria, 100 µL of each wells without visible cyanobacteria
growth was spread on BG11 and incubated for 5 days in the culture chamber.

5.4. Determination of Cyanobacteria Growth Rates

The effects of the most bioactive EO on M. aeruginosa strain, namely the EO of C. tamariscifolia, were
accessed by measuring the inhibition and growth rates estimation. The growth test was conducted, in
triplicate, under the determined MIC and MBC concentration of the most bioactive EO and CuSO4

(positive control) in Erlenmeyer flasks (150 mL) containing 9 mL of cyanobacteria inoculum and 71 mL
of BG11 medium. The initial density of the tested cyanobacteria culture was adjusted by addition of
BG11 medium and counting cells until a value of 2 × 106 cells/mL (the exponential growth phase).
DMSO was employed as negative control. Whereas, another untreated cyanobacteria culture was
used for the performance of all calculations necessary for the results treatment. The inhibition (IR)
and growth rates were estimated by cells counting using a hemocytometer under a microscope every
24 h [73] and calculated using the following Equations (1) and (2), respectively:

IR(%) = (((Nc − Nt))/(Nc) × 100) (1)
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where, Nc and Nt represent the cell concentrations (cells/mL) in the control and treatment samples,
respectively [74].

µ = (ln Ne − ln Nb)/∆t (2)

In which µ is the average growth rate; Ne and Nb (cells/mL) are the cell densities on the last day
and the first day of the experiment, respectively, and ∆t denotes the duration of the experiment.

5.5. Biochemical Parameters in M. aeruginosa

5.5.1. Determination of Chlorophyll-a and Total Protein Contents

Chlorophyll-a (Chl-a) concentration was measured in triplicate and calculated following the
method previously described by Lichtenthaler and Wellburn (1983) [75]. Shortly, 5 mL of the culture
sample was centrifuged at 4000× g for 15 min to collect algal cells. Cells were then re-suspended
with boiling ethanol (95%). The three replicas were incubated at 4 ◦C for 48 h. Subsequently,
another centrifugation for 5 min at 3400× g was performed to eliminate the pellet. The supernatant
optical density (OD) was read at different wavelengths absorbance (649 and 665 nm). Chlorophyll-a
concentration was calculated by the following Equation (3).

[Chl-a] = 13.95 × DO665 − 6.88 × DO649 (3)

The enzyme extracts were prepared according to Li et al. (2016) protocol [76]. Briefly, M. aeruginosa
cells were collected by centrifugation of each culture (5 mL) at 4000× g for 25 min. The pellet was
re-suspended in 0.1 M phosphate buffer (pH 6.5) containing 1% (w/v) polyvinylpyrrolidone (PVP).
Then the cells were disrupted and homogenized by an ultrasonic cell pulverizer for 5 min in an ice
bath. The homogenate was then centrifuged 10,000× g at 4 ◦C for 10 min. The supernatant was used
for total protein measurement and antioxidant enzyme activity assays. The total protein content was
determined by the application of Bradford (1976) method [77]. Briefly, 100 µL of the enzyme extract
was added to 2 mL of Bradford’s reagent and incubated at room temperature in obscurity for 20 min.
Furthermore, a mixture of the assay buffer (100 µL) and the Bradford’s reagent (2 mL) was used as a
blank. The absorbance was read at 595 nm and the protein content was calculated from a calibration
curve of Bovine Serum Albumin (BSA).

5.5.2. Activity of Antioxidant Response Enzymes, CAT and SOD

The SOD activity was assayed in triplicate according to Beauchamp and Fridovich (1971)
method [78]. The reaction mixture contained 0.8 mL PBS solution (50 mM, pH 7.8), 0.3 mL methionine
solution (130 mM), 0.3 mL Na2EDTA solution (100 µM), 0.3 mL riboflavin solution (20 µM), 0.3 mL
nitroblue tetrazolium (NBT) solution (750 µM), and 1 mL enzyme extract for a total volume of
3 mL. As SOD has the ability to inhibit the photochemical reduction of NBT, this assay utilized
negative controls (silver paper wrapped around the test tube to mimic fully dark condition without
any photochemical reduction of NBT), positive controls (deficiency of SOD activity in light with full
photochemical reduction of NBT), and treatment groups (in light with SOD inhibition on photochemical
reduction of NBT). The absorbencies of all experimental tubes were measured at 560 nm after a 20 min
irradiance of 40–60 mmol photons m−2 s−1. One unit of SOD activity was defined as the amount of
enzyme that inhibited 50% of photochemical reduction of NBT. CAT activity was assayed in triplicate
by absorbance decrease being proportional to the breakdown rate of hydrogen peroxide (H2O2) at
240 nm according to the method of Rao et al. (1996) [79]. The reaction mixture contained 1 mL H2O2,
1.9 mL H2O, and 1 mL crude enzyme. Samples were incubated for 2 min at 37 ◦C and the absorbance
of the sample was monitored for 5 min at 240 nm using a Varian Cary® 50 UV-Vis Spectrophotometer
(Agilent Technologies, Santa Clara, CA, USA).
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5.5.3. Determination of MDA Content

The lipid peroxidation level was reflected by changes of malondialdehyde (MDA) content, which
was determined in triplicate, according to Du et al. (2017) [62]. Samples were collected every 2 days
and centrifuged at 4000× g for 20 min. The cell pellets were homogenized with 2 mL of 10% (w/v)
trichloroacetic acid (TCA) and centrifuged at 12,000× g for 10 min at 4 ◦C. After centrifugation, 2 mL
of the supernatant was mixed with 2 mL of 0.6% thiobarbituric acid (in 10% TCA) and heated in
boiling water for 15 min. The reaction was stopped by transferring the reaction tubes into an ice bath.
Following cooling, the samples were then centrifuged at 12,000× g for 10 min. The absorbance of the
supernatant was measured at 532, 600, and 450 nm, taking a mixture of 2 mL ultrapure water and 2 mL
0.6% TBA as reference. The MDA level (µmol/L) was calculated according to Equation (4):

MDA = 6.45 × OD532 − OD600 − 0.56 × OD450 (4)

5.6. Statistical Analysis

The experiments were done in six replicates in solid medium (n = 6) and three replicates in liquid
medium (n = 3) with each independent assay. Statistical analysis between experimental groups and the
control were performed by applying a one-way and two-way ANOVA analysis. Post hoc differences
between group means was carried out with the Tukey test using Sigma Plot software (sigmaplot 12.5 for
windows; Systat Software Inc., San Jose, CA, USA) for Windows. Values of p < 0.001 were considered
statistically significant.
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Abstract: The aquaculture industry in Brazil has grown immensely resulting in the production of
inefficiently discarded wastewater, which causes adverse effects on the aquatic ecosystem. The efficient
treatment of aquaculture wastewater is vital in reaching a sustainable and ecological way of fish
farming. Bioremediation in the form of the Green Liver System employing macrophytes was
considered as wastewater treatment for a tilapia farm, COOPVALE, in Itacuruba, Brazil, based on
previously demonstrated success. A large-scale system was constructed, and the macrophytes
Azolla caroliniana, Egeria densa, Myriophyllum aquaticum, and Eichhornia crassipes were selected for
phytoremediation. As cyanobacterial blooms persisted in the eutrophic wastewater, two microcystin
congeners (MC-LR and -RR) were used as indicator contaminants for system efficiency and monitored
by liquid-chromatography–tandem-mass-spectrometry. Two trial studies were conducted to decide
on the final macrophyte selection and layout of the Green Liver System. In the first trial, 58% MC-LR
and 66% MC-RR were removed and up to 32% MC-LR and 100% MC-RR were removed in the second
trial. Additional risks that were overcome included animals grazing on the macrophytes and tilapia
were spilling over from the hatchery. The implementation of the Green Liver System significantly
contributed to the bioremediation of contaminants from the fish farm.

Keywords: phytoremediation; cyanobacterial toxins; microcystin degradation; water treatment;
ecosystem services

Key Contribution: A large-scale Green Liver System was constructed and optimized for the successful
remediation of wastewater from a tilapia farm in Itacuruba, Pernambuco, Brazil.

1. Introduction

Brazil, in particular the Pantanal and the Amazon areas, is well known for its majestic landscapes,
which are linked to vast water resources. Brazil holds approximately 10% of the global freshwater

217



Toxins 2020, 12, 688

water supply stored in nearly 30,000 reservoirs covering a surface area of approximately 50,000 km2.
Most of these reservoirs have been built for energy production, irrigation, and drought mitigation
purposes. These seemingly infinite water sources have attracted a large variety of commercial fish
farming. Most of them are small-scale production units; however, they summarize to about 100,000
aquacultural units occupying approximately 80,000 ha [1]. Besides fish, other aquatic organisms,
such as shrimp (mostly Litopenaeus vannamei), crayfish (Procambarus clarkii), bivalves (Mytilidae and
Oyster), as well as the bullfrog (Rana catesbeiana) are reared on a commercial scale. The fish species
typically used are native to, e.g., the Parana, Sao Francisco, and the Amazon; however, Brazil has
a long-term history for introducing alien fish species for aquacultural purposes as well. For example,
the Nile tilapia (Oreochromis niloticus), introduced to Brazil in the 1950s, has become one of the most
important fish species used commercially [2]. With the introduction of sex-reversal technology using
hormones, the small volume/high-density cage technology (SVHD), rich nutrient food, and fish
antibiotics, the farming of Nile tilapia has become more economically feasible with production yields
reaching approximately 133,000 metric tons by 2009 [1].

Aquaculture enterprises typically employ land-based pond systems for fish hatching and
rearing [3], resulting in wastewaters released into nearby reservoirs. The wastewaters would not only
include hormones and antibiotics commonly used in aquaculture [4,5] but also would be enriched
with nutrients leading to the eutrophication of these waterbodies and subsequently, the domination
of cyanobacterial blooms [6]. Cyanobacteria do not only cause aesthetic issues in surface water
but also produce a range of toxins, the most commonly detected being the microcystins (MCs) [7].
The hepatotoxic MCs can occur in various isoforms, differentiated only by variations of two amino
acids in fixed positions; e.g., MC-LR contains lysine and arginine, and MC-RR contains two arginine
residues (Figure 1).

In semiarid and arid regions of Brazil, the water from these reservoirs is not only used for irrigation,
but also as a drinking water resource. The water quality of these reservoirs, therefore directly affects
human health in the region. Due to the still-growing aquacultural industry in Brazil, along with the
known associated environmental impacts [8]; it has become increasingly necessary to address the
development of technologies that will ensure the sustained high quality of freshwater reservoirs in the
wake of the aquaculture boom and ensure successful implementation.

 

 

Figure 1. Chemical structure of the two microcystin congeners microcystin (MC)-LR and -RR.

Acknowledging freshwater as the limited resource that it is, it becomes apparent that tools
are needed to purify water sustainably and cost-effectively to make it affordable for small unit
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enterprises. One option is the use of the Green Liver System®, which in contrast to the wetland
system, is an entirely artificial system that utilizes the phytoremediation potential of aquatic plants,
which take up and biotransform contaminants from water [9,10]. Plants and animals share many
similarities regarding the biotransformation of xenobiotics, except in stage three, where animals
secrete the biotransformed products and plants sequester them in cell wall fractions, the apoplast,
or vacuoles [11,12]. Phytoremediation has shown promising results with respect to eutrophication,
xenobiotics, and cyanobacterial toxin removal capabilities in the laboratory [10,13–18] as well as in
a small pilot plant in Hefei (Anhui region, China) [19].

As with all water treatment options, several risks factors need to be considered before the Green
Liver Systems can be implemented and continued sustainable operation assured. First, the main
contaminants concerned have to be quantified to establish their concentrations in the wastewater.
Here, the first step towards a customized Green Liver System takes place and plants are chosen
according to the specific contaminants present. The selection of the individual species and combination
of macrophytes is based on extensive laboratory research, which has established their remediation
capabilities for the relevant contaminants and to avoid allelopathic effects between the different plant
species [9].

After setting up the system, three major risk groups can disturb the running system; climate,
nature, and humans. For the climate, factors such as heavy rain or drought might be a risk for the
Green Liver System. Heavy rain can flush the system, causing the macrophytes to accumulate near the
discharge points, causing them to die-off. Drought could cause decreasing water levels in combination
with increasing water temperature leading to the death of the macrophytes as well. Besides climatic
factors, animals, typically such as donkeys and wild goats in Brazil, could invade the system and
feed on the fresh aquatic plants. Furthermore, as this system is designed to treat the wastewater of
a tilapia farm, it is highly likely that juvenile fish might enter the system via the inflow. Tilapia fish are
plant feeders and might significantly reduce the biomass of the aquatic macrophytes in the system,
which would lead to a decrease in the efficiency of the system itself.

The present study aimed to construct a Green Liver System suitable for the treatment of wastewater
from COOPVALE, a tilapia farm opened in 1999. Before the system had been constructed, water from the
tilapia farm was directly released into the nearby Itaparica reservoir (now known as the Luiz Gonzaga
Dam). The presented research tested the upscaling of a lab-scale [10] and small pilot-scale system [19]
to a large-scale system in terms of flow rate and a retention time of three days to yield satisfactory water
remediation. Due to the eutrophication resulting from the fish farm waste, cyanobacterial blooms
occurred in the wastewater from COOPVALE. The two most commonly detected MC congeners,
MC-LR and -RR, were selected as system efficiency indicator contaminants and were monitored at the
fish farm hatchery, as well as the system inlet and outlet during two trials to investigate the remediation
efficiency of the Green Liver System. The risks associated with the implementation of such a system
was evaluated, and mitigation attempts were tested in the two trial studies.

2. Results and Discussion

The immense and still growing aquacultural industry in Brazil has created the need for sustainable
wastewater purification to remove nutrients, toxins, and veterinary substances (such as hormones
and antibiotics). The excessive application of fish food ad libitum caused the reservoir, as a sink for
the wastewater, to become eutrophic [3] causing cyanobacterial blooms [6]. As the financial means of
the Brazilian fish farmers in most cases are limited, it is necessary to use low-cost strategies to suit
the financial situation of the farmers. Thus, treating aquacultural wastewater using aquatic plants,
in particular, using the Green Liver System and employing native macrophytes, seems like the most
feasible approach [9,20].
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2.1. First Trial

Shortly after construction and planting, during the four-week macrophyte acclimation period,
the large-scale Green Liver System was invaded by wild, formerly domestic, goats, which fed on the
aquatic macrophytes. A goat-proof fence was constructed around the system to keep them out.

The aquatic fern Azolla caroliniana, known for its remediation of heavy metals [21], nitrate from
water [22,23], and effluents from fish farms [23,24], was selected for the first compartment. In laboratory
studies, A. caroliniana remediated up to 41% phosphate and 30% nitrate [24]. In the Green Liver
System®, this free-floating fern was used to cover the water surface of the first compartment to limit
sunlight penetration and thus the development of cyanobacterial blooms. The sunlight intensity in
Brazil during summer (October to February), however, was too high and did not support the growth of
A. caroliniana. After three weeks, the compartments housing A. caroliniana turned red and started dying.
A. caroliniana requires low light intensities for growth, needing only 25–50% of sunlight (approximately
3200 lux) [25,26]. Optimal water temperature for the growth is 30 ◦C, whereas the growth rate was
reduced significantly by water temperatures above 35 ◦C [27]. A. caroliniana can withstand a pH range
between 3.5 and 10 and needs a relative humidity between 85–90% [27]. As the climate conditions
during the first trial were unusually hot, with day temperatures between 28 and 35 ◦C, the water
temperature in the system was between 29 ◦C ± 3 ◦C and pH 7.3 ± 0.1. Hence, this species was replaced
in the second trial by the free-floating Eichhornia crassipes, which has been used previously for the
effluent treatment of aquacultural wastewater, especially Nile tilapia [28]. The macrophytes in the
other compartments flourished and thrived. Cyanobacteria, which were spilling over from the bloom
in the hatchery water, did not thrive in the Green Liver System, probably as the macrophytes removed
excess nutrients such as N and Ps and due to the inadequate conditions for cyanobacterial growth,
such as shading from surface floating macrophytes.

2.2. Second Trial and Final Layout

E. crassipes, which replaced A. caroliniana in the first compartment for the second trial, is also
a free-floating plant and thus with a similar capability for providing shade and thus cooling the
water. The macrophyte is an invasive species and thus using it for phytoremediation serves as
a benefit. E. crassipes has the enormous advantage of changing water parameters, most notably
reducing the water temperature [29]. According to Greco and de Freitas [30], this macrophyte grows
best at high temperatures, as experienced in Brazil. E. crassipes has previously been tested for the
phytoremediation of urban wastewater [31], cyanide [32], and mercury [33] and has been assessed as
useful and appropriate for such purposes. However, using E. crassipes in a Green Liver System can also
have adverse effects, as this plant might reduce the oxygen level in the surface region of the water
column and consequently provide the ideal environment for the development of mosquitos and snails,
acting as vectors for diseases [34]. The nutrient uptake from water by E. crassipes is also controversial
because plants seem to be able to recycle the nutrients in decaying leaves, which are still attached to
the mother plant [35–37].

As the E. crassipes plants started to flower, fishnets were successfully installed close to the water
surface to keep them in their compartments and to avoid spreading into the other compartments due
to wind-triggered movement.

Since the wastewater comes from hatchery ponds, juvenile tilapia were flushed into the system.
As they started growing and feeding on the macrophytes, the biomass within the system significantly
reduced. Hence, compartments 2 to 5 had to be restocked with Egeria densa. To avoid the infiltration of
fish via the hatchery pond systems, fish barriers were installed between the ponds and the inflow of the
Green Liver System. Furthermore, a small overflow and a fish escape channel were built to avoid dead
fish accumulating in front of the barrier and to allow fish to escape directly into the reservoir. To reduce
the amount of tilapia already growing in the Green Liver System, a top-down approach was chosen
and some predator fish were introduced into the system, specifically 30 Piranhas (Pygocentrus nattereri)
and 10 Tucunare (common name is butterfly peacock bass; Cichla ocellaris). All the aforementioned
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preventative measures were successful in keeping each of the plants in their respective compartments
and eliminating fish flowing down from the fish farm.

For Green Liver Systems, plant species with a high growth rate and the ability to produce high
biomass are more efficient in the treatment of aquacultural wastewater. The E. crassipes and E. densa
selected for this Green Liver System are especially capable of excessive growth. Green Liver Systems,
as with most artificial systems, are easy to handle, customizable for the specific needs of stakeholders,
and cost-effective. The Green Liver Systems is a suitable and promising way for aquaculture farmers to
clean their wastewater before discharging them into freshwater bodies or reservoirs nearby. However,
more ideas have to be developed on how to proceed with the contaminated plants. In general,
when plants are saturated (up-take threshold reached), they have to be harvested to prevent die-off,
which is accompanied by the possible re-release of the contaminants and their metabolites. Hence,
the possibility to use the harvested plant material as fertilizer or animal feed has to be excluded.

2.3. Contaminant Monitoring

In general, free-floating plants should limit bloom the formation of potentially introduced
cyanobacteria in the hatchery ponds as sunlight, and thus photosynthesis would be limited. Inhibited
photosynthesis, in turn, will lead to the decay of the cyanobacteria and the release of any toxins,
making it easier for the macrophytes in the subsequent compartments to remediate the toxins. Hence,
it was expected that the submerged macrophytes, E. densa and Myriophyllum aquaticum stocked in
compartment 2 to 6, would do the primary uptake of the cyanobacterial toxins. Laboratory experiments
have proven the ability of both species to take up cyanotoxins [19].

Furthermore, E. densa and M. aquaticum are well known to remove heavy metals from
wastewater [38,39]. Additionally, some reports exist on the removal capacity of M. aquaticum [40] and
E. densa [17] with respect to the fish antibiotic oxytetracycline, which is used routinely in fish farms to
keep the fish healthy despite the high fish density in the hatchery ponds as well as in the SVHD in
the reservoir.

The first sampling results showed that the cyanotoxin burden in the hatchery water was
38.3 ± 2.6 ng·L−1 for MC-LR and 12.9 ± 7.3 ng·L−1 MC-RR. These concentrations were reduced
by 58% for MC-LR and 66% for MC-RR in the first trail and by 32% MC-LR and 100% MC-RR in the
second trial (Figure 2). MC-RR is ten times more toxic than MC-LR [41], making the results from the
second trial more significant as 100% of the MC-RR is removed.

 

 

Figure 2. The concentration of the cyanobacterial toxins MC-LR and MC-RR in the hatchery and at the
Green Liver System at the inlet (wastewater) and outlet (remediated water) during the first and second
trials. Data present the average cyanobacterial toxin concentration (n = 7) ± standard deviation.
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According to these analytical measurements of the cyanobacterial toxins, the use of a Green Liver
System is an adequate and promising solution to remove contaminants from aquaculture wastewater
before it is released into freshwater reservoirs. With the present system, it has been evidenced that
it is an effective and low-cost way to treat fish farm wastewater. By choosing different plant species
in a Green Liver System, the efficiency in exactly removing the targeted pollutants is very high.
The utilization of the system in Brazil seems very practical due to the warm climate in this region;
the year-round growth of the macrophytes guarantee the efficiency of the treatment [42].

In general, promising candidates from the group of macrophytes or other photosynthetic active
aquatic species (ferns, moss, macroalgae) are tested in laboratory systems before being stocked in
the outdoor system. This will ensure that the performance of a single plant species is known before
use. In this sense, macrophytes represent the tools for the remediation of according contaminants.
The selection of appropriate species has to be customized according to the contaminants in the
wastewater and the requirements for the water quality to be achieved. The most crucial factor for
a Green Liver System working in a semiarid and arid region seems to be the water/wastewater inflow.
To ensure the adequate treatment of the wastewater, the inflow has to be relatively constant and should
never be paused. Therefore, the Green Liver System can be expected to function well and sustain its
performance as long as the hydrology and the growth of the macrophytes are maintained and detritus
is removed from time to time.

The economic outlook is an essential factor for the sustainable cleaning-up of aquacultural
wastewater as most Brazilian farmers are not able to invest vast sums of money for this issue.
The required capital investment should be as small as possible, but these costs should consider the
overall design and required size of the system, the construction and installation cost, the operation and
maintenance and the sampling and analysis to check the performance of the system.

3. Conclusions

The constructed large-scale Green Liver System was not completely able to remove the MC
congeners tested but could substantially diminish the MC contaminant concentrations resulting from
aquacultural farms, ecologically and economically, as well as eliminate visible cyanobacterial blooms
resulting from the land-based hatchery ponds before entering the Itaparica reservoir. This nature-based
treatment is a first step in the right directions as untreated waste is not directly released into the
environment. Other emerging contaminants in the wastewater, such as antibiotics (oxytetracycline),
hormones (methyl-testosterone) and other cyanobacterial toxins will be evaluated in the future.

4. Materials and Methods

4.1. Customized Planning

A questionnaire was developed to determine whether a Green Liver System was suitable to fit
the needs of according stakeholders (Figure A1). The questionnaire excluded specific contaminant
groups since they were discussed at a later stage during the customized development of a Green Liver
System®. In this questionnaire, the more fundamental questions were asked in a simple YES or NO
manner. After the first visit to COOPVALE in 2012, the area for the Green Liver System construction
was defined. Since the system had to be as cost-effective as possible, no electrical pumps were used to
control the water flow. Therefore, the system was planned below the hatchery pond system of the
tilapia company using the natural declination to transport the wastewater from the ponds to the Green
Liver System.

The system had a final size of 100 m × 25 m × 2 m, summating to a total volume of 5000 m3

(5 mL) (Figure 3). The system was divided into six compartments by curved brick stone barriers to
control the water flow. Each of these barriers was 0.75 m wide to allow easy access for water sampling
and management measures. The barriers, in total 15 m long, were constructed using commercially
available bricks and water repellent cement. The tips of the barriers (2.5 m) were curved to minimize
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the accumulation of debris within the system, which further reduces the need for regular maintenance
work while reducing the water flow velocity. To seal the system base, commercially available clay
mineral was used at a thickness of 0.15 m. Regulated discharge from the hatchery ponds was realized
through a 25 m long-channel using the natural decline from the land-based hatchery ponds, which are
approximately 5 m higher than the Green Liver System. Water discharge was regulated at the hatchery
ponds, to avoid the flooding of the Green Liver System.

 

 

𝑄 =   𝑉𝑅𝑡
−

𝑄 =  (5,000,000 L)(20 h ×  3 days)   = 8 3333 L/h

Figure 3. Customized construction plan for the Green Liver System on the premises of COOPVALE
(Itacuruba, Brazil).

4.2. Flow Calculations and Upscaling

Using the volumetric flow rate Equation (1), the required water flow rate into the system could
be calculated based on the three-day retention time required by the macrophytes to remediate the
pollutants as determined in the laboratory [9,10]:

Q =
V
Rt

(1)

where the flow rate (Q) in L·h−1 is equal to the bed volume (V) in L, divided by the residence time (Rt)
in hours. Considering the system would operate 20 h a day, leaving four hours for maintenance or any
other related works, in order for it to produce the desired volume in three days the flow rate needed in
the system according to Equation (1) would be:

Q =
(5, 000, 000 L)
(20 h× 3 days)

= 8 3333 L/h (2)

4.3. Aquatic Macrophytes Used for the Green Liver System

The Green Liver System was stocked with aquatic plants found in the same area as the Itaparica
reservoir, namely the macrophytes Egeria densa (syn. Anacharis densa (Planch.) Vict., Elodea densa (Planch.)
Casp.), Myriophyllum aquaticum (Vell.) Verdc., and Eichhornia crassipes (Mart.) Solms-Laubach as well as
the aquatic pteridophyte Azolla caroliniana (Wild.), which were previously found in laboratory studies to
efficiently remediate cyanobacterial toxins as well other chemicals associated with aquaculture [10,17].
The macrophytes were allowed to acclimate for four weeks prior to the first hatchery wastewater being
allowed in the system for remediation.

4.4. First Trial

For the first trial, A. caroliniana, E. densa, and M. aquaticum were used in the system. Compartment
1 and 2 were stocked with A. caroliniana covering half of the water surface to encourage further plant
growth within the system. Compartments 3 and 4 were stocked with M. aquaticum using 1 kg·FW of
plant material per m2, and in compartments 5 and 6, and E. densa was added at a density of 0.5 kg·FW
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of plant material per m2. The system was allowed to run for seven days before samples were taken for
the first trial to track MC remediation.

4.5. Second Trial and Final Layout

For the second trial, in the first compartment, A. caroliniana was replaced by E. crassipes. In an
attempt to avoid E. crassipes from spreading into the other compartments due to wind-triggered
movement, fishnets were installed close to the water surface to retain the plants in their
assigned compartments.

To avoid the infiltration of fish via the hatchery pond systems, fish barriers were installed between
the ponds and the inflow of the Green Liver System. The fish traps were made of concrete and had
two chambers filled with loose gravel stones with three different sizes (very fine, fine, and coarse) as
filter material. Furthermore, a small overflow and fish escape channel were built to avoid dead fish
accumulating in front of the barrier and to allow fish to escape directly into the reservoir. To reduce
the amount of tilapia already growing in the Green Liver System, a top-down approach was chosen
and some predator fish were introduced into the system, i.e., 30 Piranhas (Pygocentrus nattereri) and
10 Tucunare, more commonly known as butterfly peacock bass (Cichla ocellaris). The newly modified
system and macrophytes were again allowed to acclimate for three weeks before the hatchery water
was introduced into the system, and samples for MC congener monitoring were taken after seven
days. For the final working system, macrophytes that showed any signs of chlorosis of necrosis were
replaced immediately to avoid the re-release of pollutants back into the water.

4.6. Microcystin Congener Monitoring

Water samples for the analysis of the MC congeners MC-LR and MC-RR were taken (n = 7) at
the fish hatchery, the Green Liver System inlet and outlet, respectively, during the first and second
trials. The determination and quantification of the MC congeners, MC-LR and -RR, were performed by
liquid chromatography–tandem mass spectrometry (LC–MS/MS) on an Alliance 2695 UHPLC coupled
to a Micromass Quattro MicroTM (Waters Corp., Herts, UK). The matrix separation was achieved on a
KinetexTM C18 reverse-phase column (2.1 × 50 mm, 2.6 µm pore size, Phenomenex, Torrance, CA, USA).
Milli-Q water containing 0.1% trifluoroacetic acid (TFA) and 5% acetonitrile (ACN) served as mobile
phase A and ACN containing 0.1% TFA served as mobile phase B. The flow rate was maintained at
0.2 mL·min−1 and an injection volume of 20 µL per sample was used. The separation of the congeners
was achieved using a linear gradient with the mobile phases in the following program: 0 min 65% A;
3.75–7 min 35% A and 7.8–12 min 100% A. The column oven temperature was 40 ◦C. Elution peaks
for the MC congeners were observed at 7.1 min for MC-RR, and 7.44 min for MC-LR. The parent
compound and its fragment ions, respectively, were scanned at the following mass-to-charge ratio
(m/z): MC-LR 995.5→ 135.1 and MC-RR 519.9→ 135.3. ESI+ conditions for all MCs were set as follows:
capillary voltage of 3 kV, source temperature of 120 ◦C, desolvation temperature of 500 ◦C and a cone
gas flow rate of 100 L·h−1. For MC-LR, the collision energy was 65, cone voltage was 60 V, and for
MC-RR the collision energy was 35, and the cone voltage was 20 V. Desolvation gas flow rate was
1000 L·h−1 [43]. Calibrations were linear (R2 = 0.999) between 5 and 500 µg L−1. The limit of detection
(LOD) was set at 1 µg·L−1 (signal to noise S/N > 3) and limit of quantification at 5 µg·L−1 (S/N > 5) for
both congeners.
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Figure A1. Questionnaire to figure out the needs of the stakeholder and the suitability of a Green Liver
System (GLS) for their needs.
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