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Preface to “Biology, Ecology and Management of 
Crown-of-Thorns Starfish” 

In 1986, Peter Moran wrote that, “the crown-of-thorns starfish has become one of the most well-
known animals in coral reef ecosystems (Moran 1986, p. 379)”. Crown-of-thorns starfish (CoTS) have 
attracted considerable public and political interest due to their propensity for population outbreaks, and 
the threat that outbreaks pose to coral reef ecosystems. However, Moran was referring, at least in part, to 
the plethora of scientific studies and research papers that describe and detail various aspects of the 
biology, ecology, and behaviour of CoTS, as well as the ecosystem impacts of CoTS outbreaks. Since 
Moran (1986), there has also been extensive research on crown-of-thorns starfish (CoTS) and many more 
scientific articles have been published.  

The volume of scientific studies and research articles focussed on CoTS is a double-edged sword. 
On one hand, it seems incomprehensible that there would still be significant or major gaps in our 
knowledge of their biology and ecology, or that any persistent knowledge gaps will ever be effectively 
addressed. Accordingly, potential donors and funding agencies often question the merit of further 
investment in CoTS research. Indeed, I have been asked, both by funding committees and established 
researchers who have previously dabbled in CoTS research, “what can you possibly hope to achieve with 
thousands of dollars, given the millions of dollars already expended on CoTS research?” To redress this 
issue, we must periodically take stock of what we do know as well as what we do not. We also need to be 
increasingly pragmatic in conducting research that will affect meaningful changes in management of 
CoTS outbreaks and reef ecosystems.  

The large body of literature pertaining to CoTS (and their impacts on reef ecosystems) also makes it 
very difficult for new and contemporary researchers to effectively capture and distil the cumulative 
knowledge acquired during multiple successive outbreak episodes, especially given that the research 
itself is punctuated by rapid and prolonged scarcity of CoTS following most major outbreaks. Many of the 
pioneers of CoTS research, including Robert Endean, Peter Moran, Peter Glynn, John Lucas, and Charles 
Birkeland, wrote extensively and provided phenomenal insights into the fundamental biology of CoTS. 
This early research provides a strong foundation for more informed and targeted research. The dual 
purpose of this edited monograph (and the associated Special Issue) is therefore, to synthesise prior 
research on topics of specific relevance, as well as highlight recent advances in the Biology, Ecology and 
Management of Crown-of-Thorns Starfish. 

Morgan Pratchett and Sven Uthicke 
Special Issue Editors 
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Abstract: Research on the coral-eating crown-of-thorns starfish (CoTS) has waxed and waned over
the last few decades, mostly in response to population outbreaks at specific locations. This review
considers advances in our understanding of the biology and ecology of CoTS based on the
resurgence of research interest, which culminated in this current special issue on the Biology,
Ecology and Management of Crown-of-Thorns Starfish. More specifically, this review considers progress
in addressing 41 specific research questions posed in a seminal review by P. Moran 30 years ago,
as well as exploring new directions for CoTS research. Despite the plethora of research on CoTS
(>1200 research articles), there are persistent knowledge gaps that constrain effective management
of outbreaks. Although directly addressing some of these questions will be extremely difficult,
there have been considerable advances in understanding the biology of CoTS, if not the proximate
and ultimate cause(s) of outbreaks. Moving forward, researchers need to embrace new technologies
and opportunities to advance our understanding of CoTS biology and behavior, focusing on key
questions that will improve effectiveness of management in reducing the frequency and likelihood of
outbreaks, if not preventing them altogether.

Keywords: Acanthaster; coral reefs; disturbance; management; population outbreaks; research priorities
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1. Background

Crown-of-thorns starfish (CoTS; Acanthaster spp., excluding A. brevispinus) are renowned for
their ability to devastate coral reef ecosystems [1]. This is primarily because local densities of
CoTS can increase from normally very low densities (<1 starfish per hectare) to extremely high
densities (>1000 starfish per hectare) during periodic population outbreaks (e.g., [2]). Moreover,
CoTS are one of the largest and most efficient predators on scleractinian corals [3]. Whereas most
other individual coral-feeding organisms (e.g., Chaetodon butterflyfishes, and Drupella snails) cause
only localized injuries or tissue-loss [4,5], adult CoTS can kill entire corals, including relatively large
colonies. High densities of CoTS will, therefore, cause rapid and extensive short- to long-term coral
depletion. In French Polynesia, for example, high densities of CoTS caused systematic coral loss
around the entire circumference of the island of Moorea, killing > 96% of coral between 2005 and
2010 [6]. More broadly, outbreaks of Acanthaster spp. are a major contributor to sustained declines in
coral cover and degradation of coral reefs at many locations throughout the Indo-West Pacific [7–9].

While there has been considerable research, and a large number of scientific articles (>940) focused
on Acanthaster spp., extending back to the 1960s [10,11], research interest and funding has waxed and
waned through this period (Figure 1). In Australia, a disproportionate number of research papers
on CoTS have followed the initiation of each new wave of outbreaks (in 1962, 1979, 1993 and 2009),
with apparent declines in publications as outbreaks subside. The main exception to this pattern was
in 1979 to 1992, where the number of papers published on CoTS was lower than expected even after
the initiation of the outbreak in 1979, whereas publication output was highest in 1992, immediately
prior to the start of the third documented wave of outbreaks. The high number of publications in 1992
(46 publications) was partly due to two separate special issues on Acanthaster spp. [12,13], as well
as an explicit recognition of the need to study CoTS during non-outbreak periods [14,15]. Scientific,
management and political interest in CoTS did decline towards the end of the third documented
wave of outbreaks in the early 2000s (Figure 1), with increasing concern about climate change and
coral bleaching deflecting some attention from CoTS outbreaks. There has however, been a sustained
increase in the number of scientific studies and publications on CoTS from 2010–2017 (Figure 1).

Figure 1. Interannual variation in the number of crown-of-thorns starfish (CoTS) publications
relative to the start of successive outbreaks on Australia’s Great Barrier Reef (as indicated by vertical
red lines). The annual number of publications was determined based on a Web of Science search
(topic = “Acanthaster” or “crown-of-thorns” and “Australia”), which was then detrended (showing the
deviance from a linear regression between annual number of publications and year from 1965 to 2016)
to account for increases in the number of publications through time. NB. Number of papers for 2017 is
projected, based on number of papers published to end of April, 2017.
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There is greatly renewed interest in Acanthaster spp. for two reasons. Firstly, renewed outbreaks
of CoTS are occurring on the Great Barrier Reef (GBR), Australia, combined with unprecedented
outbreaks at many locations throughout the Indo-Pacific [1]. Secondly, outbreaks of CoTS remain
a major contributor to sustained decline in coral cover at many reefs throughout the Indo-Pacific
(e.g., [16,17]) and scientists and managers alike recognize the critical need to halt and reverse this
decline. Preventing and/or containing CoTS outbreaks is generally considered to be one of the most
feasible management actions to reduce rates of coral mortality (e.g., [7]), thereby improving the capacity
of reef systems to cope with threats due to climate change and other anthropogenic disturbances [18].
Despite persistent knowledge gaps regarding the ultimate cause(s) of outbreaks, and the considerable
time and cost required for effective management of established outbreaks, outbreaks of CoTS are one
of the principal causes of major coral loss (along with severe tropical storms and mass coral bleaching)
that are amenable to direct and immediate intervention [7]. De’ath et al. [7] suggested that preventing
outbreaks of Acanthaster spp. on the GBR could in itself reverse sustained declines in coral cover.
The same is probably true for other reef regions, where outbreaks of CoTS are among the major causes
of acute coral loss [9,17,19,20].

The purpose of this review is not to provide a comprehensive overview of CoTS biology
or research, which are already available elsewhere [1,21,22], but to consider major advances
(and apparent failings) in CoTS research over the past few decades. Our assessment of research
progress is based on a critical judgment of the extent to which research (including original research
presented within this special issue) has addressed the knowledge gaps highlighted by a seminal
review in 1986 [21]. Ongoing research interest in Acanthaster spp. is largely driven by persistent
controversy around the cause(s) of outbreaks and corresponding management actions [1]. This special
issue (Biology, Ecology and Management of Crown-of-Thorns Starfish) reflects the latest resurgence in
scientific interest and research on Acanthaster spp., unequivocally focused on better understanding
the initiation and spread of outbreaks, as well as refining the capability and capacity for effective
management. The papers presented in this special issue address: (i) environmental drivers of
fertilization and early development [23,24]; (ii) larval nutrition, larval development and implications
for the ‘nutrient enrichment hypothesis’ [25–29]; (iii) predation and implications for the ‘predator
removal hypothesis’ [30–32]; (iv) factors influencing settlement [27,30]; (v) dispersal and genetics [33];
(vi) longevity, growth, and size-and-age relationship [34,35]; (vii) movement [36]; and (viii) control
and management [16,37].

Aside from research to address current issues related to the effective management of CoTS
outbreaks, there have also been some fundamentally new directions for CoTS research in the last
decade, enabled by advances in research methods and analytical capabilities. Therefore, this review
also considers some of the foremost new directions for CoTS research, related to (i) systematics
and biogeography, (ii) genetic and genomic sampling, (iii) ecological modelling, and (iv) projected
effects of environmental change. Notably, genetic sequencing of CoTS populations from throughout
their geographic range (Red Sea to the eastern Pacific) has resolved that there are several distinct
species [38,39]; Acanthaster planci, which is restricted to the northern Indian Ocean, is readily
distinguishable from the Pacific species (A. cf. solaris) based on color, as well as a general lack of
spines along the aboral distal portion of the arms (Figure 2). Overall, there are at least four distinct and
geographically separated species [38,39], though most of the research and knowledge of CoTS biology
and ecology comes from research in the western Pacific on A. cf. solaris. However, species-specific
differences in behavior and biology may account for geographic variation in the occurrence of
outbreaks, and their impacts on reef ecosystems [1]. Thus, there is a definite need for comparative
studies across multiple species of Acanthaster, testing for differences in key demographic rates
(e.g., growth and reproductive output) as well as feeding rates and dietary preferences.

3
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(a) (b)

Figure 2. Distinct species of crown-of-thorns starfish: (a) Acanthaster planci from northern Indian Ocean
(Photo taken by M. Pratchett in Maldives), (b) Acanthaster cf. solaris from the Pacific (Photo taken by
C. Caballes in Guam).

2. Advances in CoTS Research

It has been 30 years since the publication of a comprehensive review titled, “The Acanthaster
Phenomenon” by Moran [21]. Moran [21] reported that crown-of-thorns starfish are probably the
single most studied species (or species complex) on coral reefs, and yet there were many knowledge
gaps that directly hampered effective management of population outbreaks. Accordingly, Moran [21]
presented a list of 41 questions considered fundamental to understanding the causes and consequences
of outbreaks. These questions were intended to guide research through the subsequent years and
decades to improve both understanding and management of outbreaks of Acanthaster spp. They were
presented within three broad categories (Larvae and Juveniles—21 questions, Adults—11 questions,
and Effects on Communities and Processes—3 questions) together with a further six overarching
questions. To assess the advances (or lack thereof) in our understanding of the biology of CoTS over
the last three decades, as well as causes and consequences of outbreaks, we review progress against
each of these 41 research questions, specifically highlighting the contributions of research articles
presented in this issue. Where relevant, questions have been grouped together under a single section
heading to minimize repetition.

2.1. Questions 1 and 3 (Larvae and Juveniles)—Are high nutrient conditions needed for the enhanced survival
of larvae in the field? Can larvae develop and settle under ‘non-bloom’ nutrient conditions in the field? If so,
can high densities of larvae be sustained under these conditions?

While receiving considerable attention, these questions are LARGELY UNRESOLVED.
One of the foremost hypotheses proposed to account for outbreaks of CoTS, the larval starvation

hypothesis, is predicated on a link between rates of effective larval development and availability
of suitable prey (mostly unicellular phytoplankton; e.g., [40–43]). Early studies by Lucas [40]
suggested that rates of development and survivorship increased with increasing algal concentrations.
Moreover, Okaji [41] demonstrated that CoTS larvae grew faster and had a higher survivorship with
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increasing chlorophyll-a (chl-a) levels (>2 μg chl-a L−1), suggesting that enrichment of nearshore
waters and phytoplankton assemblages would lead to increased densities of A. cf. solaris larvae [44,45].
Conversely, field-based experiments conducted by Olson [46], using an apparatus designed to rear
larvae in situ, suggested that larvae grew well under low chl-a conditions. However, these results were
potentially confounded by contamination and retention of phytoplankton within the experimental
apparatus, resulting in higher than expected chl-a concentrations [41]. Nevertheless, in situ studies
of larval development and survival, with simultaneous sampling of environmental parameters
(e.g., cell-counts, chl-a, organic carbon content), are still needed.

Recent experimental studies have shown that elevated chlorophyll concentrations may not be
necessary for CoTS larvae to complete development (reviewed in [47]). Laboratory experiments by
Wolfe et al. [43,47] demonstrated high larval survival and settlement success across a broad range
of nutrient levels, and most importantly, below the lower threshold levels previously suggested by
Fabricius et al. [45]. The robust nature of larvae, even in oligotrophic conditions, may be driven by
increased investment in provisioning of eggs by well-fed adults [25,48] and the morphological plasticity
of larvae to respond to changes in the availability of exogenous prey [25,49]. Furthermore, there
appears to be an upper threshold for optimal larval survival and development, whereby very high
levels of nutrients have been shown to be deleterious to larval development for CoTS, and larval
growth and development are maximized at close to normal background concentrations of chl-a [27,43].
Larval survival and size at set intervals (4, 7, and 10 days after fertilization), as well as settlement
rate and size of newly settled juveniles after 18 days were significantly lower for treatments with the
highest phytoplankton concentration (100,000 cells per mL; 10 μg chl-a per L) compared to intermediate
food levels (10,000 cells per mL; 1 μg chl-a per L) [43]. Mortality rates for larvae under high algal
concentration (100,000 cells per mL; 10 μg chl-a per L) were significantly higher from very early
in larval development, compared to low (1000 cells per mL; 0.1 μg chl-a per L) and intermediate
(10,000 cells per mL; 1 μg chl-a per L) food levels [27]. Taken together, these results suggest that chl-a
levels between 0.4 and 1.0 μg per L may be the optimal range for larval survival and development.

The use of Proteomonas sulcata in both Wolfe et al. [43] and Pratchett et al. [27] was criticized by
Brodie et al. [29] because of the very low chl-a concentration of this phytoplankton species. In addition,
the high cell numbers (~100,000 cells per mL) are unlikely to occur in the field; even under flood
conditions, algal cell numbers rarely exceed 1000 cells per ml [50]. Similarly, nutrient enrichment of
natural seawater used in larval feeding experiments presented in Fabricius et al. [45] had maximum
cell numbers of 4400 cells per ml (equivalent to ~5.2 μg chl-a per L in their study). As these numbers
illustrate, it is unfortunate that the “nutrient hypothesis” (or “terrestrial runoff hypothesis”) is currently
expressed in terms of chl-a concentration. Although chl-a concentration is easy to measure, chl-a content
varies widely among species and is not necessarily reflective of the nutritional value of the algae.
Further studies need to focus on energy content (or at least organic carbon content) of food organisms
(see [26]). Debate continues as to whether terrestrial runoff promotes primary outbreaks on the
GBR [44,45] and/or plays an important role in fuelling subsequent secondary outbreaks [1,29].

One of the foremost limitations in understanding purported links between nutrient enrichment,
increases in phytoplankton abundance or changes in phytoplankton composition, and the increased
survivorship and settlement of Acanthaster spp. is the lack of systematic monitoring of relevant
variables. On the GBR, for example, we lack the necessary information to explicitly compare nutrient
availability and phytoplankton assemblages among reefs considered important for initiating primary
outbreaks, versus those that support secondary outbreaks or are generally unaffected by CoTS
outbreaks. It is also now understood that the algorithms used in the GBR to estimate chl-a from
satellite remote sensing, in particular the MODIS satellite with the Aqua sensor, can give inaccurate
and biased results; and therefore, usage should be avoided for absolute measures of chl-a [51]. In situ
monitoring of nutrients, phytoplankton assemblages, and CoTS larvae, to relate size, abundance,
and condition of larvae to local biological and environmental parameters (e.g., [49,52]) in the lead up
to the next outbreak of A. cf. solaris on the GBR, would clearly establish whether CoTS larvae can
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develop and settle even in the absence of nutrient plumes and phytoplankton blooms. This would
go a long way to resolving the extent to which sustained but gradual improvements in catchment
management and water quality are an effective mechanism for limiting future outbreaks. In addition,
new genetic methods (eDNA, next generation sequencing) to identify larvae [53,54] and potentially
characterize phytoplankton abundance and community structure in the same water parcel provide
opportunities to investigate the connection between nutrient inputs and changes in the quantity and
quality of food for the larvae.

2.2. Question 2 (Larvae and Juveniles)—Do these types of conditions (i.e., high nutrient conditions and
associated phytoplankton blooms) occur frequently in the field? If so, do they coincide with observed
spawning periods and how long do they occur?

These questions are Largely Unresolved.
Spatial and temporal coincidence between high nutrient conditions and enhanced survivorship

of CoTS larvae in the field would lend significant support to the larval starvation hypothesis [45,55].
However, establishing these links is complicated by aforementioned controversies about levels of food
availability necessary to ensure development and survival of CoTS larvae (Section 2.1), as well as the
inability to directly assess larval densities and survivorship in the wild. Fabricius et al. [45] argued that
interannual variation in the cumulative annual discharge from the Burdekin river (one of five major
rivers that discharge into the GBR) corresponds with the initiation of outbreaks of A. cf. solaris after
allowing for inevitable lags in the timing of floods (and corresponding increases in larval densities)
versus first reports of elevated densities of adult starfish in 1962, 1979, 1993 and 2009. However, the lag
between major flood events and corresponding outbreaks of A. cf. solaris ranges from 2–5 years,
possibly due to limitations in detecting the specific onset of outbreaks [1]. Moreover, major flood
events may or may not initiate outbreaks, depending on the availability of coral food resources [25,48],
the timing of floods relative to specific spawning periods and developmental rates for A. cf. solaris [45]
and whether larval food supply is, in fact, a major limiting factor.

While there is a definite need for further research to resolve interannual variability in the specific
pattern and occurrence of spawning by A. solaris on the GBR relative to particular flood events [52],
the general onset of reproduction and larval development (December–March) broadly coincides
with periods of heavy rainfall and increased likelihood of flooding [29]. Moreover, flood plumes
and phytoplankton blooms occur frequently, almost annually within certain areas of the GBR
(almost annually) and can persist for weeks to months [29]. These floodwaters provide increases
in nutrient concentrations, especially from within heavily modified catchments with intensive
agriculture [45,50]. However, it is the confluence of nutrient enrichment from flood plumes and
relatively clean offshore waters that enable the proliferation of phytoplankton, potentially explaining
why outbreaks of A. cf. solaris predominantly occur on mid-shelf reefs. If, however, phytoplankton
blooms sufficient to sustain elevated densities of CoTS larvae occur almost annually, this cannot explain
why initial outbreaks (primary outbreaks) occur relatively infrequently and at specific locations in
the northern GBR [1]. Rather, persistent nutrient enrichment may be important in sustaining the
proliferation and spread of outbreaks (secondary outbreaks) once they have become established at
discrete reef locations [29]. If food is limiting, however, we might expect successive waves of outbreaks
to peter out, especially in areas of the central GBR, which have lowest nutrient inputs (but see [56]).

Wooldridge and Brodie [57] explicitly acknowledge that high nutrient conditions and associated
phytoplankton blooms occur quite commonly during summer in the northern GBR, but do not
always initiate outbreaks of A. cf. solaris. At Green Island, for example chl-a concentrations
exceeded 0.80 μg chl-a per L for prolonged periods at least six times between 1969 and 1998,
though outbreaks developed only twice, in 1979 and 1993. Elevated nutrients may therefore, be
a necessary precursor for outbreaks to become established, but there are other conditions that must
also be met. Modelling studies by Wooldridge and Brodie [57] suggested that it is interannual variation
in levels of larval retention (see [58]) that may explain when, and perhaps where, primary outbreaks
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become established. Importantly, hydrodynamic conditions would have promoted high levels of
self-recruitment, rather than dispersal of larvae among widely separated reefs, in years prior to
outbreaks arising in 1979 and 1993 [57]. However, it is yet to be tested whether primary outbreaks are
directly attributable to iterative increases in population size, due to high levels of self-recruitment [59].
As stated previously, increased monitoring of relevant metrics for food availability is needed alongside
fine-scale spatial and temporal sampling to document the initiation and spread of CoTS outbreaks.

2.3. Question 4 (Larvae and Juveniles)—How important is diet in influencing the survival of larvae? Is survival
more dependent on the diversity rather than density of food species? What other factors influence the survival
of larvae?

The first two components are MOSTLY RESOLVED, but larval survivorship is yet to be studied in
field settings (Section 2.12).

The abundance of specific phytoplankton is much more important than overall abundance
of phytoplankton (and corresponding chl-a concentrations) for promoting rapid development and
survival of CoTS larvae. Larvae of A. cf. solaris feed predominantly on mid-sized phytoplankton
(e.g., dinoflagellates and pennate diatoms >5 μm) [40,60–62], whereas tropical coral reef waters are
generally dominated by picoplankton (e.g., pelagic cyanobacteria—Synechococcus and Prochlorococcus
<2 μm), which typically make up >50% of total primary production in oligotrophic waters (e.g., [63–65]).
As such, total chl-a concentrations may grossly overestimate food availability for CoTS larvae.
Elevated nutrients due to terrestrial runoff and upwelling do promote increased dominance of
phytoplankton species with larger cell sizes [65–67], potentially benefitting CoTS larvae, but it is
nonetheless necessary to sample phytoplankton assemblages directly (rather than relying on chl-a
concentrations) to assess the conditions that promote larval survival and the onset of outbreaks.

Very few studies have specifically considered the feeding selectivity of CoTS larvae, other than
showing that there is strong size selectivity. Okaji et al. [68] demonstrated that clearance rates of larval
feeding were significantly lower for smaller phytoplankton (1–2 μm) compared to phytoplankton
with larger cell sizes (4–5 μm), even when smaller phytoplankton were overwhelmingly dominant.
Also, heterotrophic bacteria appear to have a negligible role in larval nutrition [69]; though CoTS larvae
are able to assimilate and utilize dissolved organic matter (DOM) in the water column [60,70], as well
as coral-derived organic matter, such as mucus and associated microorganisms [28]. Mellin et al. [26]
tested for selective feeding by CoTS larvae among phytoplankton species of similar size (>5 μm).
CoTS larvae consistently preferred algal species with the highest energetic content (Chaetoceros,
Dunaliella) over microalgae with lower energy content (Pavlova lutheri, Phaeodactylum tricornutum),
which would presumably lead to higher growth rates and elevated survival of CoTS larvae, though this
was not tested. Although algal species used in that study have been commonly used in aquaculture
and are within the size-range preferred by CoTS, these species are not naturally present at high
concentrations on the GBR (except for Chaetoceros spp.). It is important therefore, to establish feeding
selectivity for algal species that are particularly dominant during flood events (e.g., Skeletonema; [50])
and DOM, as well as testing for variation in larval growth and survivorship with changes in the
availability of specific prey types.

The extent to which development and survival rates of CoTS larvae are constrained by
exogenous food availability is equivocal, and somewhat dependent on several other factors
(e.g., maternal provisioning of larvae, and vulnerability to predation). Caballes et al. [48] demonstrated
that differences in the nutritional condition of female A. cf. solaris, based on contrasting diets
(e.g., Acropora versus Porites), have a major bearing on the growth and performance of their progeny.
Well-fed females provision their offspring with increased levels of endogenous energetic reserves,
which not only allows larvae to withstand prolonged periods of starvation, but also enables them to
grow larger and feed more efficiently [25,49]. Larval survivorship in the wild will also be limited by
competition, predation and environmental constraints on development (see Sections 2.13 and 2.14).
If higher food concentrations also benefit predators of CoTS, this has the potential to suppress larval
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survival and outbreaks [71]. There are no empirical data on rates of predation for CoTS larvae in the
wild, and such information will be very difficult to obtain, though CoTS larvae are certainly vulnerable
to predation [72].

2.4. Question 5 (Larvae and Juveniles)—Do certain physical conditions occur in the field that cause the
increased survival of larvae? Do these conditions act in conjunction with any other factors?

These questions are LARGELY RESOLVED, though there is scope for more work on synergistic
effects of climate-induced changes in physical conditions.

The specific physical conditions that promote larval development and survival for Acanthaster spp.
has received a great deal of attention (e.g., [40,73]) and there has been a recent resurgence in research on
the environmental tolerances of CoTS larvae aimed at establishing the vulnerability of Acanthaster spp.
to ocean warming and acidification [24,74–76]. Temperature is widely regarded as the foremost abiotic
factor influencing development rates and survivorship of planktonic larvae [77], and Acanthaster spp.
are sensitive to extreme temperatures at all stages of their life-cycle [24,61]. Fitness of CoTS larvae
is generally highest at 26–30 ◦C [24,76]. There is increasing evidence that CoTS larvae are adversely
affected when exposed to temperatures ≥ 30 ◦C [75], suggesting that ocean warming suppresses
population outbreaks at low latitudes. Projected effects of ocean warming are further compounded by
constraints on fertilization and larval development due to ocean acidification [24,74,75], though it is
possible that Acanthaster spp. could acclimate or adapt to changing environmental conditions [78].

Aside from temperature, salinity is considered to have an important influence on reproductive
success for Acanthaster spp. [24,79]. While echinoderms are generally very sensitive to changes
in salinity, Lucas [79] showed that larval survival was 3-fold higher at 30‰ salinity compared to
ambient conditions. If so, temporary declines in salinity could further enhance the beneficial effects of
nutrient inputs, during flooding [44,55]. However, Caballes et al. [24] showed that rates of fertilization,
gastrulation and cleavage were generally high between 30‰ and 34‰ and declined significantly at
salinities <30‰.

2.5. Question 6 and 7 (Larvae and Juveniles)—How long do [CoTS] larvae spend in the plankton before settling?
What is the maximum period of time they can spend in this phase and yet still be able to settle? How far can
[CoTS] larvae be dispersed in the field?

These questions are LARGELY RESOLVED.
The time that larvae spend in the plankton, or planktonic larval duration (PLD), is constrained by

the minimum pre-competency period, which is the necessary time for larvae to complete development
before being capable of settling, and the maximum competency period, which is maximum time that
larvae can spend in the plankton and still be capable of effective settlement [27]. The minimum
time taken for CoTS to develop into late-stage brachiolaria larvae, which are assumed to be
competent to settle, is just 9 days [80], though actual settlement has never been documented <14 days
post-fertilization [46]. At the other end of the spectrum, Pratchett et al. [27] recorded settlement among
larvae of A. cf. solaris up to 43 days post-fertilization. However, settlement rates peaked at 22 days for
optimal (intermediate) food levels and declined through time due to limited survivorship >30 days
post-fertilization and reduced settlement competency of surviving larvae [27].

While CoTS larvae may settle in as little as 9–14 days after fertilization, their maximum
competency period and capacity for long-distance dispersal is largely unknown. The maximum
recorded longevity for CoTS larvae is 50 days [27], and could be even longer under conditions of limited
food availability and if deprived of opportunities to settle. However, CoTS larvae are planktotrophic
and must maintain certain levels of energetic reserves to complete metamorphosis and settlement [27].
Moreover, rates of larval mortality in the wild are likely to be even higher than have been documented
in experimental studies (e.g., due to predation), such that few larvae are likely to persist beyond
30 days, let alone 50 days. Assuming average daily rates of natural mortality for echinoderm larvae
(~0.16 per day; [81]), CoTS larvae will have a survival probability of approximately 0.82% after 30 days,
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and 0.03% after 50 days. For the most part, CoTS larvae are expected to be dispersed only 10 s–100 s km
between reefs [82], if not entrained within the confines of their natal reef [83,84]. Genetic sampling of
CoTS populations demonstrated that there is effective connectivity (reflective of ecological significant
levels of larval dispersal) between reefs separated by <1000 km [33,85,86]. However, there tends to be
very strong genetic differentiation of CoTS populations among geographic provinces [87,88], not to
mention distinct species in different ocean basins [39], suggesting that there is extremely limited
connectivity, and therefore, negligible larval dispersal, at distances of >1000 km.

2.6. Question 8 and 14 (Larvae and Juveniles)—What factors are important in causing dispersal [of CoTS
larvae]? Do larvae tend to settle on those reefs from which they were propagated or do they generally recruit to
reefs other than the parent reef?

The first component is WELL RESOLVED, but there is limited empirical information regarding
rates of dispersal versus retention.

CoTS larvae are, for the most part, passively dispersed by ocean currents [89].
Therefore, the primary factors that influence dispersal are (i) how long larvae can persist while
still retaining the capacity to settle (see Section 2.5) and (ii) oceanographic conditions, specifically, the
strength and direction of water movement, during spawning and larval development [85]. On the GBR,
the extent to which larvae are retained and settle on their natal reefs (self-recruitment), rather than
being dispersed, has been modelled for at least one small sub-region and may vary among years with
changes in ocean current velocities driven by El Niño Southern Oscillation (ENSO) [57]. However, it is
not clear whether such effects exist in other regions at other phases of the ENSO cycle, particularly
those that are putative seed areas for outbreaks. Weak or variable along-shore currents, which occur
during neutral phases of the Southern Oscillation Index (SOI) may promote strong larval retention or
very limited dispersal, which is fundamental to the progressive accumulation of CoTS within a given
location and is likely to give rise to primary outbreaks [57,59]. In contrast, strong directional (southerly)
along-shore currents associated with strong El Niño or La Niña conditions will increase the likelihood
of inter-reef dispersal, which could lead to proliferation of outbreaks once they become established [57].
These ideas are however, based on temporal autocorrelation in the initiation of outbreaks, rather than
explicit empirical data on rates of self-recruitment versus larval dispersal.

High rates of self-recruitment by Acanthaster spp. may be reinforced by conspecific chemo
attraction of settling larvae towards feeding aggregations of adult CoTS [2,30]. In static choice
chamber experiments, Cowan et al. [30] showed that CoTS larvae were significantly attracted to
adult conspecifics, which could lead to elevated rates of settlement on reefs already infested with high
densities of CoTS. While settling in the presence of adult conspecifics may seem maladaptive due to
ultimate competition for coral prey, this strategy may limit predation by sessile invertebrates [61,90]
leading to overall increases in larval survivorship. However, the spread of population outbreaks,
determined based on field surveys [56,91,92] and modelling [56,58,82–84,93,94] shows that at least
some larvae must be dispersed and settle on non-natal reefs, regardless of the presence of adult CoTS.

Improvements in hydrodynamic models, combined with advances in computational power
and new methods for analyzing patterns of particle dispersal, are providing increasingly resolved
and tractable models to inform patterns of initiation and spread for CoTS outbreaks [58,82,93,95,96].
However, these models are potentially very sensitive to the precise timing of spawning and the
relevant speed and direction of currents, and predictions arising from these models need explicit
testing based on extensive spatial and temporal sampling to resolve the occurrence and timing of
outbreaks. Alternatively, genetic approaches may be used to explicitly resolve actual connections
among discrete populations to validate dispersal patterns. However, using genetics to track the spread
of outbreaks has proved difficult for CoTS due to the low levels of genetic differentiation apparent
when using existing markers [33,97,98]. On the GBR, for example, genetic sampling during outbreaks
has failed to resolve any structure [33,97], indicating rapid expansion in population size from multiple,
undifferentiated latent populations. Similarly, studies elsewhere in the Pacific have identified largely
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homogeneous populations within specific reef systems [86,99,100], though CoTS generally exhibit
substantial regional, archipelagic genetic structuring [88], reflective of limited large-scale dispersal.
Greater resolution in genetic structure among outbreak populations, enabling greater insight into the
source and spread of outbreaks, may be possible using more extensive and comprehensive sampling
(e.g., single-nucleotide polymorphisms or SNPs), but these are yet to be tested for any Acanthaster sp.

2.7. Question 9 (Larvae And Juveniles)—Is there a positive correlation between larval density, recruitment
density, and adult density?

Given previous limitations in sampling larvae and recruits, this question has not been addressed
and is UNRESOLVED.

High densities of CoTS larvae and high recruitment will intuitively lead to increased
densities of adult CoTS, and are a fundamental precursor to manifest rapid population outbreaks
(mostly, secondary outbreaks). However, the more important question is whether it is the local
densities of larvae (larval supply) or effective rates of recruitment that generally limit adult densities?
There are also important, and as yet unresolved issues, about how far and how fast CoTS can move
within and among reef habitats after they have settled (Section 2.18), which will determine relevant
scales of recruitment limitation. Most hypotheses that seek to explain the initiation of CoTS outbreaks
assume that larval supply is generally limiting, such that outbreaks arise due to increased reproductive
success and/or larval survivorship [1]. However, the inability to quantify larval supply, settlement,
and recruitment has so far prevented explicit testing of such assumptions. New methods aimed at
measuring these processes are being developed and tested [34,53] and will not only provide new
opportunities to test questions pertaining to recruitment limitation, but may also provide an early
warning system for detecting new and renewed outbreaks.

The relationship between adult densities of Acanthaster spp. and their corresponding reproductive
output versus local densities of larvae or juveniles (stock-recruitment relationships) is important for
understanding the role of adult biology and behavior in initiating outbreaks, as well as informing the
effectiveness of population regulation based on culling of adult starfish. Given the high fecundity of
individual CoTS [101], larval production is likely to asymptote at relatively low adult densities [102,103]
such that larval production may be largely insensitive to changes in adult abundance above a certain
threshold. If so, this would mean that local densities would need to be reduced to very low levels
before adult culling would have any meaningful impact on reproductive output and the progression of
outbreaks. Moreover, the distribution and proximity of spawning starfish may be more important than
adult densities in determining reproductive success (though it would be expected that there must be
some relationship between these factors). Babcock and Mundy [104] showed that A. cf. solaris achieve
remarkably high rates of fertilization even when spawning male and female starfish were separated
by >30 m. However, fertilization success is fundamentally dependent on spawning synchrony,
which appears to be triggered via intrinsic cues (pheromones) and will therefore, be most effective
when starfish are aggregated [52]. Still, it is unclear whether Acanthaster spp. actively aggregate to
spawn, and what environmental cues induce spawning.

Recent modelling of fertilization success in CoTS suggests that both density and aggregation
are important to reproductive success at low densities with a threshold density for enhanced
reproductive success of 3 starfish per hectare when individuals are moderately aggregated [105].
Reproductive success increased linearly above this density. At the highest levels of density and
aggregation fertilization success for individuals did not increase due the increases in unsuccessful
polyspermic fertilizations although population level zygote production did continue to increase [105].
The reduced fertilization success at high levels of aggregation may in part explain the relative lack of
aggregation by CoTS at the time of spawning [106].
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2.8. Question 10 (Larvae and Juveniles)—Where do larvae occur in the water column? Does their position vary
throughout their planktonic period? What factors are responsible for determining their position?

These questions are LARGELY UNRESOLVED and important for understanding the
environmental and nutritional conditions to which larvae are exposed during their development.

In laboratory cultures, hatched gastrulae of A. cf. solaris swim upward and remain close to
the surface (negative geotaxis) throughout much of the formative period of their development [61].
Larvae then become negatively buoyant at the late brachiolaria stage and actively orientate towards
the bottom in search of potential settlement substrates [41]. It is assumed therefore, that CoTS larvae
are likely to be largely concentrated in surface waters in the wild. Accordingly, CoTS DNA have
been detected in near-surface plankton tows along 320 km of coastline in the northern GBR [53].
Similarly, plankton tows at 7 m below the surface along reefs in southern Japan have also yielded
high concentrations of advanced-stage brachiolaria larvae [107]. CoTS larvae are also capable of
swimming, albeit at limited speeds (~0.4 mm per second), via ciliary movement that causes the body
to rotate on its long axis [61]. The horizontal transport of CoTS larvae has typically been considered
a passive process that is mainly mediated by currents [58,87,89]. However, current velocity and
direction can vary with depth, so the vertical position of larvae and larval behavior in response to
thermoclines, haloclines, or pycnoclines will have important implications for distance and direction
of larval transport (e.g., [108–111]). Explicit field sampling is still required to ascertain the specific
position of CoTS larvae at different stages throughout their development and under varying conditions;
but this may now be possible with the development of new genetic quantification methods [54].

2.9. Question 11 and 13 (Larvae and Juveniles)—Where do larvae settle in the field? Is it in shallow or deep
water on reefs? Are there particular areas on reefs which are more suitable for settlement than others?
Do they settle in high densities?

There have been significant insights on patterns and rates of settlement by specific, localized
studies (e.g., [112]), but these questions are MOSTLY UNRESOLVED.

One of the foremost controversies surrounding settlement patterns for Acanthaster spp. is the
extent to which larvae settle in deep-water (>20 m) versus shallow reef environments. Although earlier
reports suggested that settlement occurred in shallow reef environments [2,113] and high densities of
newly settled and juvenile Acanthaster spp. have never been recorded in deep water (>20 m depth),
the deep-water recruitment hypothesis [114] has gained a lot of attention. CoTS larvae were suggested
to settle mainly in deep water, at the base of reef slopes [114] because (i) highest rates of settlement
and metamorphosis occurred on coral rubble encrusted with the sciaphilic crustose coralline algae
(CCA), Lithothamnium pseudosorum, which was found predominantly in deep water habitats (but are
also common in caves, crevices and overhangs in shallow water; S. Uthicke, personal observation);
(ii) late-stage brachiolaria larvae are negatively buoyant and are expected to be concentrated along
reef margins, such that larvae will ultimately fall out in deep water [83]; (iii) few newly settled
(0+ year class) starfish have historically been found in shallow reef environments; and (iv) on some
reefs (e.g., Davies Reef in the central GBR), high densities of adult CoTS were initially detected
moving up from deep water [114]. To test whether Acanthaster spp. preferentially settle in shallow
(<5 m depth) or deep-water habitats (>20 m depth), standardized settlement collectors (e.g., [115])
should be deployed across a range of depths, and this research is currently underway. It is possible
however, that CoTS larvae settle across a broad range of depths, but settle preferentially in areas
that provide best access to food and shelter. Alternatively, they may settle indiscriminately among
habitats, but have vastly different rates of post-settlement survival depending on local abundance of
prey, shelter, and/or predators (Section 2.11).

Field-based studies on patterns of CoTS settlement are largely focused on the detection of newly
settled CoTS, rather than explicitly measuring settlement rates in different habitats (but see [115]).
Even so, understanding the habitat preferences of newly settled CoTS has been greatly constrained
by the small size and cryptic nature of newly settled individuals [112,114]. Until recently, few newly
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settled (0+ year class) A. cf. solaris had ever been detected on the GBR [11,114,116]. At Suva Reef
in Fiji, however, high densities of very small (10–32 mm in diameter) A. cf. solaris were detected in
July 1984 [112]. These individuals were presumed to have settled en masse in January 1984, but were
not detected until they were ≥6 months old. Even so, the newly settled (0+ year class) starfish were
mainly found on the encrusting coralline algae, Porolithon onkodes, on the underside of rubble and
coral blocks [112], suggesting that they had settled in the area and habitat in which they were found.
Significant densities of newly settled A. cf. solaris were found immediately behind the exposed reef
crest, in very shallow habitat dominated by rubble and intact skeletons of robust corals dislodged
during cyclones and tsunamis [112]. Newly settled CoTS were also sighted off the reef slope on the
windward side of Suva Reef (6–8 m depth), indicating that their distribution extended subtidally [112].
At Iriomote Island, Japan, Habe et al. [117] detected highest densities (0.82 individuals per m2) of
newly settled CoTS on reef slopes (6.0–9.3 m depth), and lowest densities (0.06. individuals per m2) on
the reef flat (0.8–1.2 m).

During recent opportunistic sampling on the GBR, Wilmes et al. [34] collected 3532 juvenile
A. cf. solaris ranging in size from 3 to 64 mm in diameter. Sampling was conducted across 64 reefs
throughout the course of 2015, with searching concentrated on visible patches of CCA on dead
corals or coral rubble. Newly settled (0+ year class) starfish were collected from a range of depths
(up to 15 m depth) and habitats. However, collections were mainly intended to inform growth models
(see Section 2.16) and so limited information was collected regarding the specific habitat conditions
and exact densities. Despite limited success in the past [116,118], current work by Wilmes et al. [34]
demonstrates that 0+ year juveniles can be effectively sampled in the field, and much more sampling
is required to establish variation in rates of settlement across different reef areas, depths and habitats.
There are also methods available for measuring settlement rates of Acanthaster spp. using settlement
collectors constructed from high surface area plastic biospheres [115], which will be important to
differentiate where larvae settle versus where they survive and are actually recorded several months
after settlement (Sections 2.9–2.11). Previous constraints on the use of settlement collectors were the
time and effort required to manual sort and visually detect newly settled CoTS, though modification
of genetic sampling protocols used for larval detection [53,54] may overcome such constraints.

2.10. Question 12 (Larvae and Juveniles)—Do larvae tend to settle on a particular type of surface? What factors
are important in determining the type of surface chosen by larvae for settlement?

These questions are LARGELY RESOLVED.
Settlement preferences of Acanthaster spp. are dictated by both physical and biological habitat

structure. Larvae settle preferentially in habitats with fine-scale topographic complexity, so that
the larvae are completely hidden within the carbonate matrix, or among coral rubble, prior to
metamorphosis [80]. Ormond and Campbell [119] demonstrated that skeletons of dead Acropora
hyacinthus were among the most preferred settlement substrates, probably owing to the fine-scale
complexity provided by individual calices and branchlets. Conversely, CoTS will rarely settle on glass
or ceramic tiles [119–121]. However, CCA is a strong settlement inducer, and biological stimuli may
override physical microhabitat preferences [120]. Observations of newly settled A. cf. solaris in the
field [34,112,122], have revealed a strong and consistent association with CCA, which is expected given
that newly settled starfish feed almost exclusively on coralline algae [61,112,123].

Settlement experiments conducted under laboratory conditions [27,42,43,61,121,124] reaffirm
that CCA is important for inducing CoTS settlement. When examined microscopically, the surface
of CCA is roughly textured—this fine scale topographic complexity can provide a tactile stimulus
for larvae to settle [80]. Conversely, Johnson et al. [121] argued that a tactile stimulus was unlikely
given that settlement was high on live CCA as opposed to physically similar, but boiled, bleached,
or autoclaved CCA fragments. They also observed high rates of settlement among larvae that
were physically separated from CCA using a mesh, suggesting that settlement may be chemically
mediated [121]. However, bioassays with common marine invertebrate settlement inducers, γ-amino
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butyric acid (GABA) and potassium chloride (KCl) at different concentrations, did not induce
settlement and metamorphosis in CoTS larvae [121]. Antibiotic treatment of highly inductive shards
of CCA significantly reduced settlement to low levels, indicating that settlement may be mediated
by chemical cues produced by epiphytic bacteria [121]. Settlement was inhibited in the absence of
bacteria and larvae always settled on sections of CCA thalli that had high densities of bacteria, but not
where epiphytic bacteria were sparse [121,125]. However, surface bacteria were not inductive when
isolated from soluble algal compounds, suggesting that bacteria require the algal substrate to produce
inductive compounds or that compounds from both the bacteria and CCA are required to induce
settlement [125]. It appears that both tactile and chemical stimuli may play a role in determining
settlement preferences, though further field sampling is required to establish the extent to which these
preferences determine settlement patterns in the wild (e.g., [119]).

2.11. Question 15 (Larvae and Juveniles)—Do juveniles tend to be in shallow or deep water on reefs? Does this
location vary depending on whether or not the reef has recently suffered an outbreak of adults?

Given limited effective sampling of recruits, these questions are LARGELY UNRESOLVED.
The distribution of juvenile CoTS will be largely dictated by patterns of larval settlement

(see Section 2.9), though these patterns may be greatly altered and obscured by differential rates of
post-settlement mortality and movement [126]. Mortality rates for newly settled (post-metamorphosed)
juvenile CoTS are unknown, but are expected to be very high due to the combination of predation,
disease, and food limitation ([126]; Section 2.12). In terms of moderating the distribution and
abundance of juvenile CoTS, the key question is whether rates of mortality vary spatially (e.g., among
habitat types or with depth). Keesing and Halford [126] suggested that known predators on very small
CoTS occur in particularly high abundance among dead coral rubble, though it is also possible that high
complexity of these habitats moderates actual predation rates. Conversely, predators associated with
coral-rich habitats may represent an even greater threat to survival of juvenile CoTS [30]. There will
also be an inherent tradeoff between the risk of predation and the necessary settlement cues and
food resources that will determine the extent to which juvenile CoTS are associated with different
habitat types [30]. Another key factor that will potentially influence the survival and therefore relative
abundance of juvenile CoTS in different habitats is the availability of suitable prey, and corresponding
effects on the size and growth of individuals (Section 2.15).

The locomotor capacity of A. cf. solaris is size-dependent [127], such that very small CoTS move
very slowly [61] and are unlikely to venture far from where they settle [126]. With sustained directional
movement, which is unlikely given their generally cryptic behavior and limited energetic reserves,
newly settled CoTS could travel only 5 m per week. As juvenile CoTS transition from feeding on
CCA to coral, it is to be expected that their distribution and habitat-associations will also change.
Notably, coral feeding juveniles are predominantly found in areas with moderate to high cover of
scleractinian corals [112,116], whereas newly settled individuals targeting CCA will tend to be more
abundant in habitats with low coral cover. In Fiji, for example, high densities of newly settled A.
cf. solaris were first detected immediately behind the exposed reef crest in habitat with very limited
coral cover [112]. The following year, the same cohort of starfish was concentrated along the reef
crest, feeding on abundant coral within this zone [112,128]. There has not however, been equivalent
sampling in other areas to establish the generalities of these ontogenetic shifts in habitat use. It is also
very likely that the distribution of juvenile CoTS will be affected by depletion of coral prey by high
densities of adults. Moran [21] suggested that juvenile starfish predominate in shallow-water habitats
on reefs subject to outbreaks because large adults generally avoid habitats subject to high levels of
wave action and surge. During the initiation of outbreaks, however, CoTS larvae may settle at the
base of reef slopes and then gradually move to shallow reef environments as they grow and mature
([21,121]; see Section 2.9).
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2.12. Question 16 (Larvae and Juveniles)—What are the mortality rates of larvae and juveniles in the field?

Field-based rates of survivorship/mortality are LARGELY UNRESOLVED, and represent a major
limitation in understanding the population dynamics of Acanthaster spp.

While there is some preliminary information regarding mortality rates of CoTS larvae and
juveniles from laboratory and experimental studies, estimating natural mortality rates for CoTS
throughout the formative stages of their life history (Figure 3) is extremely challenging. In culture,
concentrations of CoTS larvae steadily decline with time [25,27,43,48], indicative of significant
rates of intrinsic larval mortality [81], which depend on food availability (Section 2.1) and food
quality (Section 2.3). Mortality rates recorded for larvae in laboratory cultures are substantial [43].
However, there is increasing evidence that both larvae and juveniles are vulnerable to predation
(Section 2.13), which will further increase rates of mortality. Pratchett et al. [27] showed that larval
survivorship and settlement rates were highest for larvae maintained at intermediate food levels, while
higher and lower levels of food availability resulted in higher mortality rates and delayed development.
The recent feeding history and nutritional condition of maternal gamete sources of larvae may also
interact with larval diet to affect larval survival, growth, and development [25].

The factors affecting survival during the settlement and metamorphosis are still poorly
understood. Rearing of larvae in laboratory conditions and settlement assays show high mortality
rates during settlement and metamorphosis [27,43,61,126]. Yamaguchi [61] suggested that ~50% of
larvae are consumed by epibenthic fauna during settlement (see also [30]). However, settlement assays
on CCA that were carefully cleaned of epifauna still resulted in mortality rates as high as 84% during
settlement [126], which suggests that the physiological condition of competent larvae may influence
intrinsic mortality rates. More recent laboratory assays have shown that larval nutritional history
influences mortality rates during settlement [27,43]. The availability of suitable microhabitats for
settlement (Section 2.10) may also influence mortality rates [126]; for example, mortality rates increased
abruptly in larvae that have not settled after 30 days [27]. Minor changes in mortality rates before
and during settlement can potentially have a significant impact on the eventual adult population size,
particularly over the course of several generations, especially given that a single female starfish can
produce over 100 million eggs in a single year [101]. Further investigations of factors influencing
mortality rates during these critical phases, under natural conditions, are warranted.

Mortality rates of post-settlement juveniles are likely to be influenced by predation, food
availability, and disease [129]. Keesing and Halford [130] recorded significant daily mortality
rates (~6.5%) for small juveniles (~1-mm diameter) in the field. Mortality rates appear to decline
with size, whereby mortality rates for ~3-mm and ~5-mm juveniles were 1.24% and 0.45% per
day, respectively [130]. Visual predators (e.g., reef fishes) have also been implicated as a source
of mortality due to the cryptic and nocturnal behavior of juvenile CoTS. However, in a field experiment
where laboratory-reared juvenile starfish were placed in an area with suspected fish predators
present, Sweatman [131] found that losses attributable to predation were low (0.13% per day)—much
lower than the mortality rate due to predation (1.5% per day) predicted to have an impact on
population regulation [132]. These field studies highlight the importance of epibenthic predators
(e.g., [30]) in regulating population sizes during the post-settlement stage [133]. The influence of food
availability may be more pronounced once CoTS shift their diet from CCA to coral, since herbivorous
juveniles are unlikely to be food limited in the field (Section 2.14). Food availability and the
conditions of juvenile CoTS may also influence susceptibility to predation [126] and disease [112,128].
Using hypothetical rates of post-settlement mortality, Keesing and Halford [126] argued that small
changes in post-settlement mortality can have a disproportionate effect on the population size of
adult starfish.
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Figure 3. Generalized life cycle of Acanthaster spp. indicating potential sources of mortality and major
bottlenecks in population replenishment, which are likely to be fundamental in understanding the
occurrence of population outbreak. Late-stage larvae digitized from illustrations by M. Yamaguchi [61]
and D. Engelhardt [134].

2.13. Question 17 (Larvae and Juveniles)—Is predation important in determining the density of larvae and
juveniles? What are the main predators of each stage?

These questions are LARGELY UNRESOLVED.
Early field observations [11] and laboratory experiments [135] suggested that CoTS larvae are

unpalatable to planktivorous fishes, such that predation was considered to exert limited influence
on larval mortality. CoTS larvae contain steroidal saponins, which may have specific anti-predatory
functions, as demonstrated by experimental assays showing planktivorous fishes discriminating
against saponin-impregnated food pellets [136]. However, more recent experiments have found that
planktivorous fishes readily consumed CoTS larvae [72]. Predation on larvae by scleractinian corals [2],
predaceous zooplankton [137], and fishes [11] may therefore be an important determinant of larval
survivorship. There have not, however, been any studies aimed at estimating predation or mortality
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rates of CoTS larvae in the field, and the relative contributions of different groups of predators is
unknown. Cowan et al. [72] showed that planktivorous damselfish may be capable of consuming
sufficient numbers of CoTS larvae (up to 158 larvae per hour) to effectively suppress larval settlement,
especially when starfish are in low abundance. This level of predation may be sufficient to prevent the
onset of outbreaks. However, reef-based predators are likely to be overwhelmed by extremely high
densities of larvae [72], accounting for the propagation of outbreaks once they become established.

Unlike larvae, newly settled CoTS have long been considered to be extremely vulnerable
to predation [21,138]. Indeed, the highly cryptic and generally nocturnal habits of newly settled
Acanthaster spp. are considered to be adaptations to moderate natural predation rates. Keesing and
Halford [126] demonstrated that epibenthic predators were the major source of mortality for captive
reared A. cf. solaris that were deployed to field environments within boxes filled with freshly collected
rubble. Predation rates were estimated to be 5.05% per day for 1-month old A. cf. solaris, which declined
to 0.85% per day for 4-month old starfish [130]. These results suggest that epibenthic predators may be
a major factor in regulating local densities of Acanthaster spp. However, natural predation rates may
be moderated by selective settlement within microhabitats with relatively few benthic predators [30].
Cowan et al. [30] demonstrated that competent larvae of A. cf. solaris were able to detect some
predators in the substrate and preferentially settled in microhabitats without predators, where possible.
Variation in the abundance of benthic predators may therefore, influence settlement patterns of
A. cf. solaris, even if they do not cause significant predation mortality in newly settled CoTS [30].

2.14. Question 18 (Larvae and Juveniles)—Apart from predation what other factors are important in causing the
mortality of juveniles (e.g., disease, lack of nutrients)?

This question is LARGELY UNRESOLVED.
Food limitation and constraints on the physiological condition of juvenile CoTS will have

consequences for survivorship, though the ultimate factors responsible for mortality will be predation
and/or disease. Disease was shown to contribute to mass-mortality of juvenile CoTS in Fiji, which was
attributed to an undescribed sporozoan pathogen (intracellular parasite), which ultimately resulted in
the extirpation of the entire cohort [128]. The general susceptibility of juvenile CoTS to disease is largely
unknown, but likely depends on the conspecific densities and individual condition, which in turn may
be influenced by availability of specific prey. While certain coralline algae may promote higher growth
or survivorship (Section 2.15), crustose coralline algae are considered to be ubiquitous within potential
settlement habitats [139–141]. Therefore, it is expected to be coral prey that ultimately constrains the
growth and survivorship of juvenile CoTS. In the absence of suitable coral prey, juvenile CoTS may
continue to feed on a CCA for >2 years [123,126], though timely transition to coral prey leads to marked
increases in growth. In the wild, it is expected that CoTS that have limited access to coral prey will
experience high rates of mortality [126], though this is yet to be explicitly tested (Section 2.12). If newly
settled CoTS can withstand temporary or localized depletion of coral prey by continuing to feed on
coralline algae, these latent populations may proliferate following the recovery of coral populations
and assemblages, potentially accounting for the sudden onset of population outbreaks.

2.15. Question 19 (Larvae and Juveniles)—What type of food do juveniles eat in the field? do they show any
feeding preferences?

Feeding preferences of juvenile CoTS are POORLY RESOLVED, but the question also needs to
be REPHRASED to focus on the fitness consequences associated with differential access to preferred
versus non-preferred prey (see Section 2.16).

Newly-settled Acanthaster spp. have been reported to feed on a wide variety (at least
12 different species) of coralline algae [112,117,122], including Lithothamnium pseudosorum and
Porolithon onkodes [125,142], though the fitness consequences of settling and feeding on differential
species of coralline algae have not been considered. Johnson et al. [121] suggested that the most
preferred coralline algae is L. pseudosorum but this was based on settlement (rather than feeding)
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preferences. Higher growth and survival rates as a result of feeding on the preferred species of
coralline algae may be fundamental in understanding settlement preferences, as well as accounting for
spatial and temporal variation in population dynamics.

Coral-feeding juvenile Acanthaster spp. do exhibit pronounced feeding preferences as shown by a
recent laboratory study [143]. In this study, juvenile A. cf. solaris that were given the choice between
eight species of coral (Acropora formosa, A. millepora, A. tenuis, Pavona cactus, Echinopora lamellosa,
Pocillopora damicornis, Stylophora pistillata and Porites lutea) and preferred Acropora tenuis while avoiding
S. pistillata, E. lamellosa and P. lutea [143]. While these laboratory studies show that juvenile CoTS do
have distinct feeding preferences, field surveys of feeding preferences of juveniles (based on feeding
scars on corals upon collection of juveniles; sensu [144]), are needed to evaluate the ecological impact of
feeding by juvenile CoTS in the field, where prey choices are likely to be influenced by a wide variety
of different factors [21]. For example, juvenile CoTS (1+ year old; mean size ~35 mm) sampled from
Green Island and Fitzroy Island (Great Barrier Reef) were consistently observed feeding on bushy
scleractinian corals such as Acropora echinata and Stylophora mordax [11], which may reflect preference
for complex habitats to evade predators rather than inherent feeding preferences.

2.16. Question 20 (Larvae and Juveniles)—Wow fast do juveniles grow in the field? Is it similar to that recorded
in the laboratory? How important is diet in determining the growth rate of juveniles?

General patterns of juvenile growth are WELL RESOLVED, but it is unknown whether different
species of coralline algae significantly influence growth of algal-feeding juveniles.

Growth rates of Acanthaster spp. vary with ontogeny, but can also vary in response to
environmental conditions (e.g., temperature), food availability and conspecific densities [123]. On the
GBR, growth rates of newly-settled (0+ year) A. cf. solaris increase exponentially from 0.03–0.04 mm per
day at 1-month to 0.11–0.22 mm per day at 12-months [34], which is comparable to laboratory-based
growth estimates for A. cf. solaris [123]. Growth rates further accelerate after 12-months or as soon
as individuals switch from feeding on CCA to scleractinian corals and peak at 20–30 mm per month
when A. cf. solaris are ~100–200 mm diameter for both wild and captive individuals [61,123].

Broad changes in diet (from coralline algae to coral) and overall prey availability have a
major impact on growth rates for juvenile CoTS [61,123]. Most notably, growth is relatively slow
during the algal-feeding phase, but accelerates after switching to coral prey [41,61,112,117,123,145].
Accordingly, Lucas [123] showed that A. cf. solaris constrained to feeding on CCA for 2 years were up to
20 times smaller than counterparts from the same cohort provided with access to coral prey. Given that
growth and survival of newly settled juveniles may represent a critical bottleneck to recruitment,
more work is required to understand the relative importance of different types of coralline algae.
After switching to coral prey, growth rates certainly vary according to availability of different coral
prey; laboratory-reared juveniles maintained on an exclusive diet of Acropora formosa grew at 12.0 mm
per month compared 0.1 mm per month for those maintained on a diet of Porites lichen [126]. Difference
in growth rates may be due to variable nutritional content of specific coral diets. Laboratory-reared
juveniles maintained under Acropora or Pocillopora feeding treatments grew at the same rate despite
consumption of Acropora being twice as much compared to Pocillopora [145].

2.17. Question 21 (Larvae and Juveniles)—How far do juveniles move in the field?

Locomotor capacities of newly settled CoTS are WELL RESOLVED, but there has been limited
consideration of rates and patterns of movement by larger juveniles (up to 10–15 cm total diameter).

Research on the movement of newly settled Acanthaster spp. is limited to short-term experimental
studies during which individuals were deprived of access to prey and placed on petri dishes or bare
sand. Two-week old juveniles (<2 mm total diameter) placed in a clean dish without food moved at 1
cm per minute [61], while larger juveniles (19–70 mm total diameter) moved over bare sand at rates
of 2.34 to 6.67 cm per minute [11]. However, CoTS generally settle on or near their preferred prey
(CCA) and spend most of their time feeding and hiding, rather than moving [61,126]. Keesing and
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Halford [130] deployed pervious boxes to reef habitats to measure predation rates on captive reared
A. cf. solaris. Through the course of these experiments and explicit escape controls, Keesing and
Halford [130] demonstrated that 1-month old starfish move very little (<26 cm) on time frames of
1–2 weeks, though CoTS certainly become more mobile as they grow. Larger juveniles (up to 10–15 cm
total diameter), which have increased capacity for movement, but are still very vulnerable to predation,
may be expected to frequently move between feeding sites and predator refuges, and may also move
over larger distances in search of more optimal habitats. If there are significant ontogenetic shifts in
habitat use, it is likely that these occur once starfish attain sufficient size to maximize food intake and
energetic reserves, but have not yet invested in reproduction.

2.18. Question 1 (Adults)—Are adults capable of moving between reefs?

Adult CoTS are certainly capable of moving between reefs under certain conditions, but the
question needs to be REPHRASED to explicitly consider the maximum distances over which adult
CoTS can and do move between reefs.

Rates of movement for CoTS have been extensively studied, mostly to inform the extent of their
impacts on coral assemblages and reef ecosystems [127]. Over small distances (meters), CoTS are
capable of moving at 33 to 51 cm per minute [11,127,146], with maximum rates of movement
(which probably reflect escape responses) moderated by the size of the starfish and the complexity
of the substrate [127,147]. If maximum rates of movement recorded on sand [127] can be sustained,
large A. cf. solaris could travel up to 520 m per day. Even so, it would take weeks to months for A. cf.
solaris to move several kilometers between reefs, and longer-term and larger-scale movement will be
greatly constrained by habitat heterogeneity, resource acquisition, and diurnally restricted periods of
activity. Ultimately, the likelihood of adult CoTS moving between reefs will depend on the distance
separating adjacent reefs as well as the nature of the intervening habitat.

When tracked for periods of days to weeks (by relocating uniquely tagged individuals at regular
intervals), CoTS move <35 m per day and mostly move only after they have depleted coral prey
within the immediate area [2]. Adult CoTS also tend to avoid crossing open expanses of sand
(e.g., [148]). Sigl and Laforsch [36] demonstrated that well-fed A. cf. solaris remain within shelter,
whereas starved individuals more readily leave shelter and travel over sand, presumably in search of
food. Suzuki et al. [149] reported large numbers of adult CoTS moving across shallow sand flats in
Ishigaki Island, southern Japan, which were in very poor condition and ultimately became stranded at
low tide. For the most part, adult CoTS in good condition and with reasonable access to coral prey
will have limited impetus to move, whereas individuals that are starving are probably unlikely to
succeed in traversing large distances between reefs, despite demonstrated capacity for detection of reef
structures and selective migration toward coral-rich areas via “vision” or chemoreception [150–153].
It is very likely that CoTS can and do move between close positioned reefs, especially where there
is contiguous reef habitat connecting reefs, but the limited temporal and spatial scales of previous
movement studies (as well as the predominant focus on movement within coral habitats) do not really
inform the capacity of CoTS to travel large distances between reefs. Acoustic tagging may provide
new opportunities to assess the scale and occurrence of inter-reef movement and migrations by adult
CoTS, assuming that small acoustic tags can be permanently affixed to the body of these starfish.

2.19. Question 2 and 3 (Adults)—How rapidly do [adult CoTS] grow in the field? Is their rate of growth similar
to that recorded in the laboratory? Can the age of a starfish be determined from its size?

These questions are LARGELY RESOLVED, though there are some persistent controversies
surrounding the ability to reliably age adult CoTS using biological proxies.

Growth rates of Acanthaster spp. have long been considered to be extremely plastic [123,154].
In the extreme, Lucas [123] reported a 20-fold difference in the size of A. cf. solaris at 2 years
of age, depending on whether they did or did not transition from feeding on coralline algae to
coral prey. Substantial differences in the size of CoTS within any given population [59] may,
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therefore, reflect individual differences in growth, rather than differences in age, whereby the latter
would reflect the multiple cohorts within the same population. That said, direct comparisons of
size-at-age data from previous studies, including laboratory-based measurements of Lucas [123],
have revealed remarkable consistency in age-specific growth rates [1]. Growth rates of A. cf. solaris
are maximized (100–150 mm per year) among 1+ and 2+ annual age classes, and thereafter, follow
a von Bertalanffy growth function. There are however, apparent differences in the extent to which
CoTS exhibit finite versus indeterminate growth [154], as well as variation in asymptotic size [35].
These differences are largely manifest when comparing between outbreaking and non-outbreak
populations [155], whereby growth is increasingly constrained (and potentially finite) during
severe population outbreaks due to strong intraspecific competition for food and scarcity of prey
resources [156]. MacNeil et al. [35] compared the size-structure of A. cf. solaris populations across
17 reefs on the GBR and showed that the asymptotic size varied among reefs (from <300 mm to
>400 mm total diameter, with smaller asymptotic sizes recorded on reefs with higher CoTS densities.

The sigmoidal growth exhibited by A. cf. solaris, combined with variation in their asymptotic
size, may obscure the general relationship between size and age, especially for larger and older
individuals. For this reason, the capacity to distinguish individual cohorts based on population
size-structure and retrospectively establish interannual variation in rates of settlement based on size
has been contentious (but see [157]). Therefore, various size-independent proxies of age have been
explored for Acanthaster spp. including spine length and pigment bands on spines [158]. Care is
needed to consistently sample the longest spines from the upper portion of non-adjacent arms,
specifically avoiding regenerating spines and arms [159]. Stump [160] used mark-recapture to confirm
that spine-banding couplets are deposited annually for A. cf. solaris at Davies Reef in the central
GBR. While absolute age-estimates based on spine banding still need to be validated, this method
enables coarse estimates and comparisons of age-structure (and therefore growth) among discrete
populations [35]. Validation of age estimates is critically dependent upon determining the specific
timing of initial band formation [158], which may vary spatially and especially among distinct species
(Section 3.1).

2.20. Question 4 and 8 (Adults)—How long do adults survive in the field? Do adult starfish enter a senile phase
in the field where their growth declines greatly and they become infertile?

Maximum longevity is still unclear, but predominant patterns of growth and longevity are
WELL RESOLVED.

Demographics of CoTS populations are strongly dependent on food availability (e.g., [123,154]),
and may also vary with environmental conditions (especially temperature). In captivity, Lucas [123]
demonstrated that A. cf. solaris grew to >300 mm total diameter within 3 years, but then largely
stopped growing and reproducing, and mostly died within 4–5 years. The limited size of these starfish
and the early onset of apparent senescence were suggested to be experimental artefacts, and at least
partly attributable to food limitation. In the wild, Acanthaster spp. can grow to >750 mm total diameter
and live >8 years [157,161]. On the GBR, large individuals of A. cf. solaris (>600 mm total diameter)
have been recorded before the onset of active outbreaks, potentially representing individuals that
have lived throughout an entire outbreak cycle [157]. If so, these individuals may be >14 years old,
though it is also possible that these starfish simply recruited during non-outbreak periods and grew
quickly or survived longer due to abundant coral prey and limited food competition. For outbreak
populations, the maximum size of A. cf. solaris is generally <400 mm (e.g., [35]), which probably reflects
constraints on growth and longevity due to local depletion of prey resources and density-dependent
mortality [156,162]. Even so, there is no evidence of size- or age-specific onset of senility among wild
populations [101,129]. Babcock et al. [101] demonstrated that there was an exponential increase in egg
and sperm production with increasing size, and no apparent reduction in reproductive investment for
individuals up to 500 mm total diameter.
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2.21. Question 5 and 7 (Adults)—What are the rates of mortality for adults in the field? Are there any other
factors which are important in causing the mortality of adult starfish (e.g., disease)?

These questions are LARGELY UNRESOLVED though there is considerable evidence that CoTS
are highly susceptible to disease.

Aside from documented declines in the local abundance of Acanthaster spp. at the end of
outbreaks [59], there is very limited information on rates (or causes) of natural mortality for CoTS.
Moran [21] proposed a comprehensive field study to explicitly quantify mortality and longevity for
Acanthaster spp., but such studies are still hampered by the limited capacity to tag and/or identify
individual starfish over necessary periods of several years, especially during major outbreaks. If or
when conducted, such studies should attempt to discern density-dependent effects on population
dynamics and individual demography, or at the very least, test for differences in key demographic
rates between outbreak and low-density populations. Information relating to the biology and ecology
of CoTS in low-density populations is particularly lacking, largely owing to the logistic constraints
on gathering sufficient data when starfish are few and far between (e.g., [14]). Conversely, recurrent
sampling of outbreak populations [112,128] has revealed marked temporal and spatial variability
in the abundance and size structure of CoTS, indicating high rates of mortality among smaller
CoTS. Zann et al. [112,128] estimated that 99% of CoTS that recruited to the barrier reef off Suva,
Fiji, died within 2 years. However, this high rate of mortality may have been anomalous due to the
high incidence (10%) of pathogenesis among small and juvenile CoTS.

Echinoderms are particularly susceptible to disease [163], and disease has been implicated in
mass mortalities of numerous species of urchins and starfish (e.g., [164,165]). Accordingly, A. cf. solaris
has been seen to exhibit symptoms of disease, both in captivity [123,166] and in the wild [112,167].
Background levels of pathogenesis among populations of Acanthaster spp. appear to be generally
very low [168], though the probability of infections arising, as well as rates of transmission among
individuals are likely to increase with population density [112,128]. Susceptibility to disease is also
likely to increase following prey depletion and declines in the condition of adult starfish, leading to
further increases in the incidence and importance of disease after outbreaks are well-established
(Section 2.23). Further research is clearly needed to better understand the ultimate fate of individual
CoTS, though it seems likely that most succumb to either predation and/or pathogenesis, even if their
vulnerability to such processes varies with size, age, prey availability, energetic condition and behavior.

2.22. Question 6 (Adults)—What is the rate of predation on adults on reefs? What are the main predators of
adult starfish? Are these predators sufficient to limit adult population levels? Do the densities of these predators
fluctuate markedly through time?

There is increasing evidence that adult CoTS are susceptible to predation, but these specific
questions are LARGELY UNRESOLVED.

Adult Acanthaster spp. were initially thought to be relatively immune to predation due to their
elaborate physical and chemical defenses [136]. However, an ever-increasing array of coral reef
organisms have been reported to feed on adult CoTS [31,32,169]. For the most part, these nominal
predators have been observed feeding on the remains of dead or moribund adult CoTS [31] and it is
unknown to what extent these predators actually kill adult CoTS. The main predators that are known
to kill and individually consume adult CoTS are the giant triton (Charonia tritonis) and the stellar
pufferfish (Arothron stellatus). The abundance of C. tritonis is purported to have been much higher prior
to extensive harvesting in the 1950s to 1960s, which coincided with the first reported mass outbreak of
A. cf. solaris on the GBR and prompted concerns that the removal of predators may have caused or
contributed to outbreaks (the predator removal hypothesis; [170]). Charonia tritonis is now universally
rare on the GBR and on all other reef systems, potentially contributing to increased instabilities in
the abundance of Acanthaster spp. Similarly, A. stellatus and other large predatory pufferfishes are
widespread, but uncommon [31]. Moreover, pufferfishes are not subject to fishing and are unlikely to
vary in abundance among reefs that are open versus closed to fishing. On the other hand, lethrinids,
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such as Lethrinus nebulosus or L. miniatus, are targeted by many fisheries and may also be important
predators of Acanthaster spp. [31]. Large polyps of the corallimorpharian Paracorynactis hoplites have
also been observed fully ingesting and killing adult CoTS [171–173], but the distribution, abundance
and rates of CoTS consumption by this highly cryptic predator are unknown. Overall, there is still
considerable research needed to identify important predators, let alone establishing their relative
preference for CoTS, and respective predation rates at different CoTS densities.

Although there are established methods for measuring relative rates of predation and mortality for
echinoderms in the field [174,175], there are no empirical data on rates of predator-induced mortality
for Acanthaster spp. For now, relative rates of predation are inferred based on the proportion of
CoTS with conspicuous injuries [32,169], which are attributed to partial predation. In the Philippines,
the incidence of injuries was higher for CoTS populations sampled from inside of marine protected
areas (MPAs) where fishing was prohibited, which would be consistent with higher abundance of
potential predators. On the GBR, Messmer et al. [32] found marked inter-reef differences in the
proportion of CoTS with injuries, but these differences did not correspond with inter-reef differences in
fisheries regulations. It is possible that the incidence and severity of injuries has no relation whatsoever
to rates of predator-induced mortality, because (i) rates of regeneration and therefore, persistence
of injuries vary depending on the physiological condition and energetic reserves of starfish [156],
and/or (ii) it is an altogether different suite of predators that cause injuries versus outright mortality
of CoTS [32]. High incidence of sub-lethal predation may nonetheless have important effects on the
individual fitness and population dynamics of Acanthaster spp., diverting energy to tissue repair that
would otherwise contribute to increased fecundity.

Predation may contribute to population regulation in several ways, including (i) direct reductions
in the local densities of juvenile or adult CoTS; (ii) disrupting spawning aggregations [176];
(iii) reducing individual fecundity through partial predation (V. Messmer, unpublished data); and/or
(iv) modifying settlement rates and behavior (Section 2.13). However, the initiation and spread of
CoTS outbreaks cannot be definitively attributed to declines in the abundance of reef-based-predators,
caused by sustained and on-going fishing (Section 2.22). If local densities of Acanthaster spp. are
normally regulated by predation then overall declines in the abundance of predators might be expected
to result in gradual and sustained increases in baseline abundance of CoTS [55], rather than periodic
or recurrent outbreaks. This is why Moran [21] asked whether there are any putative predators that
fluctuate markedly in time and potentially account for oscillations in the abundance of Acanthaster spp.
In reality, reduced predation pressure may contribute to increased instability in the population
dynamics of Acanthaster spp., thereby contributing to increased incidence or severity of outbreaks on
individual reefs subject to increased fishing pressure [133,177]. On this basis, it would be prudent
to limit or prohibit fishing in areas known to be important for the initiation of reef-wide outbreaks,
though more work is still required to reconcile the specific mechanistic links between fishing and CoTS
outbreaks [101].

2.23. Question 9 (Adults)—What causes the rapid disappearance of adult starfish which has been observed in the
field? Is it related to density dependent factors (e.g., crowding causing loss of condition)? What happens to the
majority of starfish? Do they die (e.g., from disease) or do they move to another reef?

These questions are POORLY RESOLVED and potentially very important for informing
management of population outbreaks.

Rapid and pronounced declines in the abundance of CoTS following major outbreaks [2,11,59]
are suggested to occur because starfish either die following extensive prey depletion and subsequent
starvation, or move en masse to find alternate sources of prey [170]. However, precipitous declines in
the local abundance of CoTS may [170] or may not [178] coincide with comprehensive depletion of
scleractinian corals. At Lizard Island (northern GBR) in 1999, localized outbreaks ended even though
mean coral cover was still >22% [178]. Moreover, CoTS can survive without food for many months [21],
and so it seems unlikely that it is a lack of coral per se, that causes elevated mortality or initiates mass

21



Diversity 2017, 9, 41

exodus from reefs. It is possible, however, that limited access to preferred coral prey (e.g., Acropora)
leads to compromised health and condition of CoTS [48,123], despite relatively high overall coral cover
on reefs subject to moderate CoTS outbreaks.

The extent to which CoTS actually move between reefs is largely unresolved (Section 2.18).
Even though starvation is a potential trigger for movement by CoTS [36] and there will be strong
motivation to move away from reefs following extensive depletion of coral prey, by the time this
happens, the starfish are likely to have already depleted much of their energy reserves thereby
constraining the capacity for long-distance migration. Given the high densities and compromised
condition of CoTS towards the end of outbreaks, it seems most likely that that rapid transmission of
highly virulent and opportunistic pathogens is responsible for localized population collapse [22,112].
Moran [21] argued that mass-mortalities of CoTS are unlikely to have gone completely unnoticed,
though it is possible that diseased starfish seek refuge within the reef matrix and are highly cryptic,
or that sick individuals are targeted by opportunistic reef predators (e.g., [179]).

There is a potentially important link between food availability, the nutritional condition of CoTS,
and their vulnerability to opportunistic pathogens [22], which are highly prevalent on and within
the tissues of these starfish [168]. Mills [162] showed that CoTS increasingly invest in prophylaxis
at high densities of conspecific, where there is an increased risk of infection. While this would be
expected to confer greater resistance to pathogenesis, and therefore, reduced relative rates of mortality,
it would be maladaptive to increase investment in prophylaxis unless risks were significantly increased.
In addition, there are likely to be significant constraints on energy investment for CoTS towards the end
of outbreaks following selective depletion of preferred coral prey (e.g., Acropora) if not comprehensive
coral loss [178]. If crown-of-thorns starfish continue to invest disproportionately into immune defense
even when prey are scarce, energy reserves will be depleted even more rapidly, thereby making
individuals even more prone to disease [180,181].

2.24. Question 10 (Adults)—Do the skeletal components of starfish accumulate in the sediments after times of
outbreaks? Do more spines tend to accumulate during outbreaks than during times when starfish densities
are low?

The specific questions posed here are WELL RESOLVED, but skeletal elements cannot be used to
resolve the specific incidence and timing of past outbreaks.

Adult CoTS have about 2000 calcareous skeletal elements; these persist in reef sediments and
are readily recognizable. It is expected therefore, that fluctuations in the prevalence of CoTS skeletal
elements within distinct layers of reef sediments could be used to test whether outbreaks occurred prior
to the first documented outbreaks in the 1950s–1960s, and test whether the frequency of outbreaks has
changed through time [182–184]. However, the use of ossicles to reconstruct the history of outbreaks
has been controversial. Initial studies sampled the sediments in the lagoons of 44 reefs spread widely
across the GBR region and found higher numbers of ossicles in surface sediments at reefs with active
outbreaks of CoTS [182]. Sub-surface sampling using an airlift found remains of starfish in sediments
that dated from more than 3000 years before present, with some suggestion of higher concentrations at
250–300 year intervals [182]. These results were reassessed by Moran et al. [185] who concluded that,
while the occurrence of skeletal elements confirms that CoTS have been present on the GBR for a long
time, these data cannot confirm or refute the occurrence of outbreaks prior to the 1960s.

Walbran et al. [183] sampled sediments in multiple sites at two reefs in the north central GBR
using a vibro-corer which retained the structure of the sediment cores better than the airlift used by
Frankel [182]. Walbran et al. [183] concluded that CoTS have been present on the GBR for at least
8000 years and that the general density of ossicles was noticeably higher in sediments that were
1000–2000 years old than in the more recent deposits. However, individual outbreaks lasting only
a few years could not be resolved due to reworking of sediments. A series of subsequent papers
identified potential weaknesses in the study which could undermine these broad conclusions: possible
taphonomic changes were not considered [186], a number of assumptions that are the basis for
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the link between recent starfish populations and the incidence of ossicles in surface sediments were
untested [187], and differential rates of sedimentation and compaction, both natural and those resulting
from the coring process, were not accounted for [188]. While Henderson and Walbran [184] point out
that many of these potential problems are unsubstantiated, it is clear that the interpretation of the
sediment record is not straightforward. Ultimately, bioturbation and differential compaction mean
that the position of ossicles in reef sediments is an unreliable indicator of their relative age. A robust
estimate of the timing of past outbreaks awaits the development of a method of aging individual
ossicles of CoTS at a cost low enough to allow large sample sizes. The high magnesium calcite content
of ossicles makes them unsuitable for established techniques such as U-series dating.

2.25. Question 11 (Adults)—Do adults show a distinct preference for certain types of coral?

This question has been WELL RESOLVED.
Numerous studies have reported that Acanthaster spp. feed predominantly on certain coral taxa,

mainly Acropora and Montipora, while rarely feeding on other taxa, such as Porites and Turbinaria
(reviewed by [1,21,22]). Strong selective feeding is expected to cause differential mortality and
directional shifts in the structure of coral assemblages, potentially contributing to increased diversity
through selective removal of dominant coral taxa [189]. However, differential consumption of coral
taxa may not necessarily reflect inherent feeding preferences [190]. Potts [190] argued that field-based
patterns of feeding by Acanthaster spp. are moderated by accessibility to different prey and that they
become conditioned to feed disproportionately on locally abundant corals. Moreover, Moran [21]
pointed out that few of the early studies on the feeding habits of CoTS employed methods necessary
to document explicit feeding preferences, largely failing to account for the differential abundance
or availability of different coral prey. Since that time, there have been several quantitative field
studies demonstrating that Acanthaster spp. consume and deplete different corals disproportionately
to their availability [19,20,144,191,192], reflective of distinct feeding preferences. Compilation of data
(forage ratios) from these distinct studies reveal that Acropora and Montipora are consistently consumed
more than expected based on their availability [1]. Conversely, several coral genera (including Porites,
Pectinia, Galaxea, and Echinopora) were generally consumed less than expected based on their availability,
though actual forage ratios and inherent feeding preferences vary with concentration and condition of
CoTS, as well as the size, abundance and distribution of prey.

While Acanthaster spp. do exhibit distinct feeding preferences, CoTS outbreaks do not necessarily
lead to directional shifts in the structure of coral assemblages [6], nor to persistent changes in coral
diversity [178]. During major outbreaks, feeding selectivity may be apparent in the sequential depletion
of different coral taxa, but even the least-preferred corals (e.g., Porites) are consumed and often
locally depleted (e.g., [2,6,11]). Selective effects of CoTS feeding on coral assemblages will be most
apparent during relatively moderate outbreaks (e.g., [178]). At Lizard Island in the 1990s, outbreaks of
A. cf. solaris caused overall declines in coral cover of <30% [178]. Despite moderate declines in live coral
cover, there were marked shifts in the structure of coral assemblages, with disproportionate declines
(50–80% depending on species and location) in abundance of formerly dominant Acropora corals.
Nonetheless, coral diversity declined because CoTS were not sufficiently averse to less common taxa.

2.26. Question 1 (Effects On Communities and Processes)—Do coral communities recover from outbreaks of
starfish? How long does this take? Is the pattern of recovery similar for most types of reefs and for different
scales of disturbance?

Recovery of coral assemblages (both in terms of total coral cover and community composition) is
well studied and LARGELY RESOLVED.

Estimates of the time required for coral assemblages to recover from outbreaks of Acanthaster
spp. (and other major disturbances) range from <5 years to >100 years [193–196], depending on the
spatial extent and magnitude of coral loss, as well as the specific types of corals that are affected.
In extreme cases, coral assemblages may never regain their initial structure, even where overall coral
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cover returns to pre-disturbance levels [197], owing to fundamental shifts in community dynamics.
Completely denuded reefs also recover much more slowly than reefs in which at least some corals
survive to grow and reproduce [198,199]. Moreover, it is increasingly apparent that major disturbances
are occurring too frequently to allow for recovery of coral assemblages in the intervening period [9].

The recovery of coral assemblages following outbreaks of A. cf. solaris was explicitly studied
on the GBR based on temporal dissimilarity in taxonomic composition of benthic assemblages on
reefs monitored annually from 1993 to 2005 [200]. While coral assemblages did often exhibit effective
recovery from CoTS outbreaks throughout this period, the time taken for community reassembly after
outbreaks of A. cf. solaris was longer than for other major disturbances, such as severe tropical storms
and bleaching [200]. Notably, recovery also took longer in reef areas where fishing was permitted,
where 8–10 years were necessary for coral communities to return to their pre-outbreak composition,
compared to an average of 6–7 years inside no-take areas [200]. This difference was attributed to lower
severity of outbreaks and corresponding reductions in the magnitude of coral loss inside no-take areas,
potentially linked to greater predation on juvenile or adult starfish where fisheries exploitation was
restricted [133].

2.27. Question 2 (Effects on Communities and Processes)—What effect do outbreaks have on other communities
(e.g., fish, soft corals)? Is this effect permanent or do these communities recover from such a disturbance?

These questions are WELL RESOLVED, though the effects of coral loss on reef-associated
organisms are informed by studies considering a diverse array of different disturbances.

Coral depletion, regardless of whether it is caused by CoTS outbreaks or by other large-scale
disturbances (e.g., climate-induced coral bleaching), has adverse effects across a wide range of marine
organisms that depend on corals for food, shelter or recruitment [201–204]. Extensive coral depletion
also provides increased space for colonisation by soft corals [178,205] or algae [206] which can, in turn,
lead to increases in abundance of habitat generalists and herbivores. The specific effects of outbreaks
of Acanthaster spp. on coral reef fishes will depend on the magnitude (extent and severity) and
selectivity of coral loss. However, the corals that are most critical in supporting both coral-dwelling
(e.g., Acropora, Stylophora and Pocillopora; [204]) and coral-feeding fishes (Acropora and Pocillopora; [4])
are the same corals that are preferred by Acanthaster spp. (Section 2.25) and are often rapidly and
comprehensively depleted during CoTS outbreaks [6]. Not surprisingly, therefore, declines in the
abundance of coral-dependent fishes during outbreaks of Acanthaster spp., are often disproportionate
to overall levels of coral loss [6,207,208].

Approximately 10% of coral reef fishes are directly dependent upon scleractinian coral for
food and shelter [202] and mostly small-bodied fishes with limited fisheries importance [204].
However, the effects of extensive coral depletion caused by outbreaks of Acanthaster spp.
extend well beyond the few fishes that are directly dependent on live corals for food and
shelter [209], especially where the effects of coral depletion are compounded by structural collapse
of three-dimensional habitats and/or increased dominance of macroalgae. In southern Japan,
Sano et al. [209] recorded 65% declines in the abundance and diversity of reef fishes on reefs that were
devastated by outbreaks of A. cf. solaris. Sheltered reef environments that supported extensive growth
of tall staghorn Acropora corals, providing complex 3-dimensional habitats, were rapidly reduced to
flat, homogeneous rubble fields, following the comprehensive consumption of corals by CoTS [209].
Importantly, fundamental shifts in the structure of coral reef habitats, initiated by severe coral loss, can
impact on the abundance of many large-bodied and carnivorous fishes [208], directly undermining
fisheries productivity [210].

Given their strong reliance on corals and coral-dominated habitats, the abundance and diversity
of reef fishes are expected to recover in direct accordance with recovery and reassembly of coral
assemblages [211,212]. Inherent lags in recovery may sometimes occur due to vagaries in larval supply
and recruitment by fishes, and persistent shifts in community structure may occur due to differential
rates of coral recovery [197]. Of greater concern, however, is that the time required for effective
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recovery relative to projected increases in the incidence of major disturbances [213], whereby the effects
of CoTS outbreaks on coral and non-coral communities will be increasingly compounded by other
major disturbances, such as mass coral bleaching. Coral recovery and community reassembly may also
be constrained by the occupation of reef substrates by non-coral sessile organisms (e.g., macroalgae)
that prevent or hamper growth and recruitment of corals [214], highlighting the importance of fisheries
management to promote ecosystem resilience on coral reefs. Accordingly, Mellin et al. [200] showed
that recovery of both fish and coral communities was faster (<6 years) within no-take areas, relative to
reefs that were open to fishing (>9 years).

2.28. Question 3 (Effects on Communities and Processes)—What effect do outbreaks have on reef processes such
as calcification, primary production, and reef growth? Question 2 (Overarching)—Whether [CoTS] outbreaks
play an important part in reefal processes and the development of reef structure?

The specific effects of widespread coral mortality and corresponding fluctuations in abundance of
reef-building corals (regardless of actual cause) on reef processes are WELL RESOLVED.

Net calcification, which is important for rates of reef growth (or accretion) of contemporary reef
systems [215,216], is highly sensitive to ecological perturbations and changes in the overall abundance
of reef-building corals [217]. Importantly, significant declines in the abundance of corals, and especially
fast growing coral species (such as Acropora) will significantly affect reef carbonate budgets and net
framework production [215,216]. In the Caribbean, for example, sustained and selective coral loss
(specifically, functional loss of Acropora species) has resulted in >40% declines in rates of carbonate
production, such that net carbonate production is below the threshold necessary to sustain positive
reef accretion [215]. While the causes of reef degradation in the Caribbean do not include outbreaks
of Acanthaster spp. (which does not occur in the Atlantic), recurrent and ongoing outbreaks of
Acanthaster spp. may be undermining critical ecosystem process throughout the Indo-Pacific. If coral
assemblages can recover and reassemble reasonably quickly following disturbances (Section 2.26),
temporary declines in coral cover and calcification will have negligible effects on carbonate budgets.
Periodic mortality and structural collapse of Acropora corals may actually contribute to reef accretion
through increased production of carbonate sediment [218]. However, outbreaks of Acanthaster spp.
are a major contributor to sustained declines in the abundance of reef-building corals recorded at
key locations throughout the Indo-Pacific (e.g., GBR [7,8]; Japan [16]; Indonesia [20]; Guam [219];
Maldives [17]; French Polynesia [6,9]), and certainly have disproportionate impacts on faster-growing
corals (Section 2.25). Functional replacement of reef-building corals by other habitat-forming sessile
fauna and flora, may partially offset declines in primary productivity and carbonate production due
to widespread coral loss. However, it is now unequivocal that reef ecosystems with very limited
(<10%) cover of reef-building corals support a fraction of the species found in coral-rich habitats [220],
which has significant consequences for ecosystem function and productivity.

2.29. Question 1 (Overarching)—Why [CoTS] outbreaks occur and whether they are natural or
unnatural phenomena?

This question has preoccupied much of the discussion around Acanthaster spp., but remains
LARGELY UNRESOLVED.

The extent to which outbreaks of Acanthaster spp. are caused or exacerbated by anthropogenic
activities (e.g., inputs of nutrients and pollutants, and overfishing of key predators) is widely
disputed [1,71]. Fundamentally, the unique and extreme life-history characteristics of Acanthaster
spp., such as exceptional fecundity recorded for A. cf. solaris [101] predispose them to major
population fluctuations [103]. However, when outbreaks of Acanthaster spp. were documented
in the late 1960s [2,11], it was immediately assumed by many scientists that these were new and
unprecedented phenomena, such that scientists were compelled to link the sudden occurrence
of outbreaks to sustained and ongoing degradation of coastal environments, due to coastal
development [2], land-based run-off of nutrients and pollutants [221], and/or exploitation of marine
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species [222]. Several scientists (e.g., [137,223–225]) did argue that outbreaks of Acanthaster spp. were
probably a natural phenomenon that had occurred across the Indo-Pacific well before the 1960s.

While there are no rigorous quantitative estimates of CoTS densities prior to the 1960s, historical
accounts, mostly from anecdotal information, support the view that outbreaks have occurred in
the past [223,224,226]. In particular, there is information suggesting that CoTS were unusually
common at certain locations in the 1940s [113], though some of these reports may refer to normal
spawning aggregations of CoTS [227], rather than actual outbreaks. Birkeland [228] and Flanigan and
Lamberts [229] also proposed that the significance of CoTS in Micronesian and Samoan cultures could
be indicative of previous instances of high abundance. However, Moran [21] argued that the cultural
importance of Acanthaster spp. could be a result of its sinister appearance and toxicity, rather than
periodic abundance. On the GBR, it appears likely that outbreaks of A. cf. solaris were underway in
1913, given the relative ease with which Clark [230] collected CoTS in the Torres Strait. It is unknown
however, whether there were progressive waves of outbreaks that propagated the length of the GBR,
and there is insufficient information to establish the timing and spread of outbreaks that occurred prior
to the 1960s.

Even if outbreaks did occur on the GBR prior to the 1960s, it has been suggested that the
frequency and/or intensity of outbreaks is now much higher than it was in the past [45,113,231].
Fabricius et al. [45] refer to a model of coupled oscillations between coral cover and CoTS densities,
suggesting that the incidence of outbreaks has increased from one outbreak in 50–80 years to one in
15 years over the last 200 years, attributing this increased incidence to higher nutrient loads from river
discharge. The principal basis of these assertions is that long-term development of the GBR would
not have been possible given the current frequency and severity of CoTS outbreaks (see also [221]).
However, the increased susceptibility of reef ecosystems to outbreaks of Acanthaster spp. and protracted
periods required for subsequent recovery and reassembly of contemporary coral assemblages is
not in itself evidence that outbreaks are unnatural [22]. Rather, other factors, such as chronic
threats posed by increasing anthropogenic activities (e.g., fishing and harvesting, sedimentation,
eutrophication, and pollutants) may have undermined the capacity of reef ecosystems to withstand
natural disturbances [232], eroding ecosystem resilience and altering population and community
responses to persistent and ongoing disturbances. The best (albeit inferential) evidence that there
have been temporal shifts in the incidence and/or intensity of CoTS outbreaks comes from cores of
massive Porites and Diploastrea colonies, which purportedly record the incidence of CoTS feeding scars
throughout their lifespan [231]. DeVantier and Done [231] concede that the ability to discern previous
outbreaks declines as you extend further back, even when comparing among known outbreaks events
in the 1960s and 1970s. Nonetheless, there is evidence of outbreaks occurring prior to the 1960s,
and mainly in the 1930s. Devantier and Done [231] conclude that outbreaks of CoTS have been a
persistent feature of the GBR for centuries, but may have gone from isolated and sporadic events in
the 1930s to frequent and widespread events since the 1960s.

Establishing whether outbreaks of CoTS are caused (or exacerbated) by anthropogenic activities
was considered fundamental in addressing the dilemma of whether to regulate population densities of
Acanthaster spp. and prevent future outbreaks [233]. In reality, the decision to aggressively defend coral
reef ecosystems against the devastation caused by CoTS outbreaks has already been made, as evidenced
by intensive and extensive culling programs in operation throughout the Indo-Pacific, wherein over
17 million CoTS have so far been killed and/or removed from reefs across the Indo-Pacific [1]. The more
important questions that must be addressed are whether increased actions to improve water quality
(specifically, addressing land-use practices to reduce nutrient inputs) within reef environments and/or
increased fisheries restrictions can reduce the frequency or intensity of future CoTS outbreaks. We also
need to consider whether these indirect management actions are ultimately going to be more effective
than direct intervention (e.g., culling programs) in minimizing the incidence of outbreaks and reducing
coral loss at various timeframes. Given persistent uncertainties surrounding the proximal cause(s) of
outbreaks and the likelihood that multiple factors will be involved in the initiation and subsequent

26



Diversity 2017, 9, 41

spread of outbreaks [57,71], it seems prudent to maintain a multipronged approach to managing
outbreaks of Acanthaster spp. ([18]; Section 2.33). Nevertheless, intensifying efforts to improve water
quality, as well as redressing over-fishing on coral reefs, are important regardless of whether they
ameliorate the threat posed by outbreaks of Acanthaster spp. Meanwhile, evaluating the relative roles
of these factors in initiating outbreaks of CoTS will require more integrated and intensive monitoring
to explicitly resolve spatial and temporal gradients in biological communities and environmental
conditions (Section 2.2) relative to the larval abundance, settlement rates, and post-settlement survival
of CoTS [71].

2.30. Question 3 (Overarching)—Why some reefs are more susceptible to [CoTS] outbreaks than others?

This question refers to differences in the occurrence and severity of outbreaks among reefs within
the same reef system (e.g., the GBR), which is LARGELY UNRESOLVED

On the GBR, outbreaks of A. cf. solaris are only ever recorded on a specific subset of reefs [21].
Outbreaks are not, for example, recorded on most nearshore reefs and are only rarely recorded on
outermost reefs [21]. The reasons for these patterns are often discussed, but generally unknown.
The specific factors that influence susceptibility of reefs to population outbreaks of Acanthaster spp.
will vary depending on whether outbreaks arise independently (primary outbreaks) or result from
extensive delivery of larvae spawned by high-density populations on nearby or upstream reefs
(secondary outbreaks). The independent initiation of outbreaks on individual reefs is likely to result
from the progressive accumulation of starfish over multiple cohorts [59], which will be conditional
upon entrainment of larvae and sustained levels of self-recruitment [57]. The initiation of primary
outbreaks may also be promoted by local depletion of putative predators (through fisheries exploitation
and trophic cascades [133,177]) leading to increased survival of larvae, settlers, juveniles or adult
CoTS within reef environments, and/or localized nutrient enrichment, due to river discharge [45]
or upwelling of nutrient rich waters [234], which overcomes normal food-limitation and facilitates
increased development and survivorship of CoTS larvae [55]. Outbreaks of A. cf. solaris on the
GBR are initiated on mid-shelf reefs between Cooktown and Cairns, and mainly in the northern
portion of this area (commonly referred to as the “initiation box”). This region is characterized by
high densities of individual reefs and highly restricted water movement [58], which will promote
steady and sustained increases in local densities of A. cf. solaris during successive years of spawning.
However, limited spatial and temporal resolution in monitoring means that it is unclear where exactly
outbreaks originate. This prohibits meaningful comparisons of putative predator densities or nutrient
concentrations among reefs that do and do not sustain primary outbreaks. There is also very limited
monitoring of biological communities and environmental conditions at spatial and temporal scales
relevant to explain the initiation of CoTS outbreaks (Sections 2.1 and 2.2).

For secondary outbreaks, the predominant factor that will influence (or at least fundamentally
constrain) when and where outbreaks arise is the extent of larval delivery via hydrodynamic
connectivity [58,83]. That said, the delivery of high densities of CoTS larvae to individual reefs
would not necessarily result in the establishment of population outbreaks if there were local
constraints on larval survival and development or high rates post-settlement mortality (Figure 3).
Previous discussions on the role of river discharge and nutrient pulses on the GBR have focused largely
on the initiation of primary outbreaks [45]. If, however, larval development and survival are severely
constrained by very low nutrient concentrations and limited food availability (Section 2.1), it seems
logical that this would limit both the initiation and spread of CoTS outbreaks [1,29]. Pratchett et al. [1]
suggested that primary outbreaks may propagate over extended periods independent of any major
flood events, whereas it is the subsequent spread of outbreaks that might benefit from major flood
events, due to enhanced food availability and elevated larval survival across large areas of the reef [29].
Even if there are large numbers of well-fed and competent larvae arriving at a reef, settlement and
post-settlement survival might be constrained by habitat structure, availability of coralline algae or
coral prey, as well as the local abundance putative predators (Figure 3). Specific habitat requirements
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and settlement preferences are yet to be established for Acanthaster spp. (Section 2.9), though it is likely
that there will be inter-reef variation in settlement and survival rates corresponding with differences in
reef topography, habitat availability, and also the recent disturbance history. Importantly, there are
expected to by interactions between CoTS outbreaks and other disturbances that cause coral loss
and habitat degradation [71]. In general, outbreaks might be expected to be less likely to arise on
reefs where coral cover has been supressed by recent distrubances, but these disturbances might
also increase local availability of critical settlment habitat (dead, but intact coral skeletons, and/or
coral rubble). Outbreaks of A. cf. solaris have certainly occurred on reefs with low coral cover in the
aftermath of major disturbances (e.g., GBR [59], Guam [219], Okinawa [235]), and contribute to further
coral loss.

2.31. Question 4 (Overarching)—Why some [CoTS] outbreaks cause extensive coral mortality while others
do not?

This question is LARGELY RESOLVED, though more research is needed to explore species–specific
differences in biology and behavior (Section 3.1).

Although outbreaks of Acanthaster spp. are capable of causing extensive coral depletion over
vast areas (e.g., [2,11,236,237]), outbreaks vary greatly, not only in the size and density of starfish,
but also in their effects [21]. Most notably, high densities of A. cf. solaris occurred for more than 18
months (1969–1970) at Molokai Island, Hawaii, but had negligible effect on local coral assemblages [238].
Within the Pacific, devastating effects of CoTS outbreaks on coral assemblages are mainly restricted to the
central and western Pacific, including French Polynesia [6,9], Australia’s GBR [7,11], Micronesia [2,237],
and southern Japan [16,239,240]. In contrast, CoTS outbreaks cause minimal coral loss in the eastern
Pacific [138,241]. These patterns might be explained by the relative dominance of Acropora spp. [22];
Acropora spp. tend to dominate coral assemblages in the central and western Pacific, and are consistently
among the corals that are first and worst affected during outbreaks (e.g., [19,178]). In the north and east
Pacific (e.g., the main Hawaiian islands and Panama) Acropora is relatively scarce and coral assemblages
tend to be dominated by Pocillopora, which is much less susceptible to CoTS attack [138,241,242],
owing to the defensive behavior of infauna, especially Trapezia crabs.

Geographic variation in the effects of Acanthaster spp. may also result from differences in the
population dynamics and behavior among the four nominal sister species distributed in different
parts of the Indo-Pacific [38,39]. Acanthaster spp. from throughout the Indo-Pacific ostensibly look and
behave the same way, but devastating impacts of crown-of-thorns starfish appear to be confined
to the Pacific, which is the geographical range of A. cf. solaris [39,243]. This warrants explicit
comparisons of reproductive and larval ecology, demographic rates, feeding rates and feeding
preferences among Acanthaster spp. from each of the four distinct sub-populations identified by
Vogler et al. [38], extending the studies in the Pacific and the Red Sea to both southern and northern
Indian Ocean regions.

2.32. Question 5 (Overarching)—How [CoTS] outbreaks are propagated over large distances?

This question is ambiguous, but is assumed to refer to the apparent coincidence of outbreaks and
population connections across widely separated locations, which has Been Largely Resolved.

The propagation of CoTS outbreaks among adjacent reefs and within reef systems is
variously ascribed to larval dispersal (Sections 2.5 and 2.6) versus inter-reef movement by
adult starfish (Section 2.18), depending on relevant inter-reef distances. At smaller spatial scales
(100 s to 1000 s of meters) it is conceivable that connectivity among reefs is achieved through
movement of adults [113], whereas large-scale dispersal is largely, if not exclusively, achieved
through dispersal of planktonic larvae. Planktonic larvae may also be dispersed on oceanic currents
to provide connections among widely dispersed locations. Indeed, the pan-Pacific range of A. cf.
solaris is a potential indicator of its broad dispersal capability [88]. In the 1960s, and again in the late
1970s, outbreaks of Acanthaster spp. occurred more or less synchronously across multiple locations
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throughout the Indo-Pacific [21] suggesting that these outbreaks were inter-connected. The only viable
mechanism that would enable connections among widely separated locations, leading to simultaneous
or successive outbreaks in discrete locations, is large-scale dispersal of very large number of larvae.
Indeed, outbreaks of A. cf. solaris that occurred in Central Province, Papua New Guinea in the
early 2000s likely represented the ultimate and inevitable conclusion of the northerly progression of
outbreaks on the GBR throughout the 1990s [19]. However, Timmers et al. [88] explicitly tested for
larval dispersal among distinct geographic regions in the Pacific by examining genetic structure of the
highly variable mitochondrial control region (mtDNA). While there was evidence of very occasional
larval exchange among geographic regions, there was no possibility that outbreaks were propagated
from one region to another through mass larval dispersal. Strong genetic structure, indicative of
limited larval exchange, was particularly apparent at scales of >1000 km [88], suggesting that the
simultaneous occurrence of outbreaks across a broad range of locations are triggered by large-scale
climatic features, such as ENSO [244] or increased temperature [113]. Moreover, the increasing
incidence of ENSO anomalies since the 1960s may account for increased incidence of CoTS outbreaks
since that time [231]. However, searches for environmental triggers of CoTS outbreaks, based on
spatiotemporal correlation have been hampered by imprecise accounts of when outbreaks actually
started across different locations [231]. The apparent coincidence in the occurrence of outbreaks may
simply result from increased research and reporting following reports of renewed outbreaks at key
locations. Even Moran [21] conceded it is unlikely that discrete and disparate outbreaks of Acanthaster
spp. originate as a result of the same single process.

2.33. Question 6 (Overarching)—Whether special management policies need to be formulated in order to prepare
for the occurrence of future [CoTS] outbreaks?

There is an unequivocal need for increased proactive (cf. reactive) management of CoTS
outbreaks, but the specific management policies and strategies are LARGELY UNRESOLVED and yet
to be implemented.

Contemporary management of CoTS outbreaks is largely focused on culling or removing adult
starfish, with the intention of minimizing ongoing coral loss through reductions in the number and
size of adult starfish and/or containing the spread of outbreaks. To address the current outbreak on the
GBR, for example, a targeted control program is in place that kills upwards of 100,000 A. cf. solaris each
year. Currently, the most efficient and accepted method for culling is to individually inject starfish with
specific chemicals [37,179,245] that cause immediate and comprehensive mortality. Manual controls
are very labor intensive, though the recent development of a single-injection method [246] has
increased the efficiency of in-water culling programs by at least 250%. Single-injection methods
also eliminate the need to manually handle adult CoTS, which is purported to result in spontaneous
spawning, though this seems unlikely given the delayed responses of CoTS to specific spawning
inducers during experimental studies [52]. Single-injection methods are now so efficient that major
constraints on effective population control relate to detectability of outbreak populations [247],
which is contingent upon both timely surveillance and improved understanding of the spatial
dynamics (within and among reefs) of CoTS populations. Even with the current suite of tools, there
are significant opportunities to further improve the efficiency and therefore, effectiveness of CoTS
control programs (e.g., “CoTSBot” [248]). The concern however, is that effective control of CoTS
outbreaks across the entire extent of the GBR will be prohibitively costly. Moreover, ineffective control
(e.g., incomplete eradication at specific locations) may simply prolong the outbreak and fail to actually
protect local coral assemblages. In reality, outbreaks do not affect all reefs (Section 2.30) and never
occur simultaneously across the entire expanse of the GBR [56]. Moreover, outbreaks on most reefs can
be traced back to initial outbreaks on a few discrete reefs within the initiation box [56], such that timely
investment and focused management activity in these areas could contain the spread of outbreaks and
minimize reef-wide coral loss.
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Despite the consistent and recurring patterns of CoTS outbreaks on the GBR [1,56] there have been
very few management policies that have been specifically formulated to prepare for the occurrence
of future outbreaks. This lack of planning, combined with inevitable diversion of research and
management focus during non-outbreak periods [249] and limited capacity to detect the early onset of
outbreaks, results in inevitable delays in responding to new outbreaks [250]. The issue is even more
complex and more pronounced outside of the GBR where there is no apparent pattern to the timing and
location of outbreaks. A proactive management policy with dedicated funding that can be immediately
accessed when initiation of future outbreaks are imminent or actually detected is sorely needed and
currently lacking [249]. Ongoing control programs across the Indo-Pacific are estimated to have cost
up to US $44 million [1], and have been largely ineffective in protecting reef systems from outbreaks
of Acanthaster spp. once they become established [247]. Timely intervention and the containment
of outbreaks before they can spread may, therefore, save greatly on management costs and increase
management effectiveness (e.g., [148,251]). Established disaster funds have proven successful in the
Australian agriculture sector to support pro-active monitoring, early detection and early prevention of
locust plagues [252]. Under this scenario, farmers locally monitor and pre-emptively control locusts at
the initiation of an outbreak (and are reimbursed by the fund) and the government targets high-risk
locations. A similar commission should be established for Acanthaster spp. to coordinate early detection
and rapid response for future outbreaks. Such a fund needs to have well established trigger levels
for action and to be well resourced given the significant cost and efficiency benefits associated with
rapid response.

Timely intervention to manage new and renewed outbreaks of Acanthaster spp. is partly
constrained by the reliance on detection of elevated densities of relatively large starfish to signify the
onset of outbreaks [56,59,253,254]. The development and refinement of early-warning systems, focused
on measuring larval densities, settlement rates, and/or local abundance of newly settled juveniles is,
therefore, a priority not only for improved understanding of population dynamics (Section 2.7), but also
for management. Moreover, it is important to maintain research and management traction throughout
non-outbreak periods (Figure 4), both to address significant knowledge gaps pertaining to the dynamics
of non-outbreak populations and to consider additional preventative actions (e.g., sustained culling of
low density populations) that may further increase management effectiveness.

Figure 4. Key phases in the cycle of outbreaks of Acanthaster spp. relative to established
phases in adaptive management cycles. To effectively manage and prevent future outbreaks,
intensive surveillance and intervention are required at/or before the initiation of outbreaks. It is
also critically important, that research and management continue throughout the non-outbreak period.
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3. New Directions

While many of the questions posed by Moran [21] regarding the biology of CoTS and management
of outbreaks remain pertinent, there are several emerging issues and research methods that have
deflected much of the recent research attention. For example, when Moran’s [21] review was published,
taxonomists concurred that crown-of-thorns starfish found on coral reefs throughout the Indo-Pacific
(including the Red Sea) were just one species, Acanthaster planci (Linnaeus 1758). However, molecular
sampling throughout the last 30 years has suggested that there are multiple species of Acanthaster that
inhabit coral reefs [38,87,255,256]. Most notably, Vogler et al. [38] sampled CoTS from the Red Sea
to the eastern Pacific, and revealed at least four strongly differentiated clades, which has stimulated
necessary research into the systematics and nomenclature [39] and raises many important questions
about the biogeography of CoTS. Moreover, genomic data are providing unprecedented insights into
the intrinsic mechanistic basis of CoTS behavior [176], providing new options for population control
and management. It is these fields, along with advances in population modelling that are expected to
advance understanding and management of CoTS outbreaks in coming years.

3.1. Systematics and Biogeography

It is now unequivocal that coral reef CoTS, which were formerly referred to as A. planci throughout
the Indo-Pacific (including the Red Sea) comprise at least four distinct species [39]. Most notably,
A. planci occurs throughout the northeastern Indian Ocean, from the Sea of Oman to Christmas and
Cocos Keeling Islands and is both genetically and phenotypically different from A. cf. solaris [38,256],
which occurs throughout the Pacific and the Indo-Pacific archipelago. These two species co-occur
and potentially hybridize at Christmas and Cocos (Keeling) Islands [257]. The third major species
(A. mauritiensis) is generally restricted to the southwestern Indian Ocean, but does co-occur with
A. planci in the Oman Sea [38]. There is also a fourth distinct species restricted to the Red Sea,
which is yet to be formally described and named [39]. The relatively high (8.8–10.6%) genetic distance
among the four-aforementioned species, based on the COI marker used for ‘barcoding’, suggests that
these species diverged 1.95 to 3.65 million years ago [38]. Within the four nominal species, genetic
divergence was greatest for the Pacific population [39], and other studies have revealed conspicuous
genetic structure when comparing among CoTS from different regions across the Pacific [88,99].
Moreover, distinctive phenotypes of Acanthaster spp. have been recorded from the southern (Lord
Howe Island) and northeastern Pacific (Hawai’i) suggesting that there may actually be more than
one species in the Pacific [39]. A recent report by Yuasa et al. [258] also found A. cf. solaris and its
short-spined sibling species, A. brevispinus on the same reef in Kushimoto, Japan, which is in contrast
with the previous assertion that natural interbreeding between these genetically compatible species
is blocked by ecological isolation (different habitats) in regions of sympatry [259]. This suggests that
other possible blocks against interbreeding between these two distinct species may be present.

Confirmation that there are multiple CoTS species, which are geographically separated, raises
important questions about generality of prior research, whereby much of the research on CoTS
has been conducted in the western Pacific on A. cf. solaris (see Sections 2.1–2.3, 2.5, 2.10, 2.11
and 2.16). Interestingly, devastating outbreaks of Acanthaster spp. are also reported mainly from
the western Pacific [21], suggesting that species-specific differences in feeding behavior and biology
(e.g., reproductive potential) may account for geographic variation in the occurrence of outbreaks
as well as their impacts on reef ecosystems [1]. If there are significant interspecific differences in
the biology of Acanthaster spp., this may also provide significant insights into the intrinsic factors
responsible for population outbreaks. Immediate priorities for comparative demographic studies
among species would include: (i) estimates of size-specific fecundity, (ii) larval development and
competency periods, and (iii) growth functions. Importantly, these demographic processes have already
been quantified for A. cf. solaris [27,34,35,101,129] and are key to understanding population dynamics.
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3.2. Genetic and Genomic Sampling

High throughput sequencing technologies (HTS) are providing increasing opportunities to use
genomic data to address ecological questions. As such, HTS has been used to describe molecular
ecology and evolution, molecular mechanisms of development in animals, and how environmental
factors such as those related to climate change influence animal life history. Methods such as RNA-Seq
using Illumina technology have been widely used in many marine invertebrates, including corals [260]
and echinoderms to detect changes in gene expression [261], or describe genetic variability among
populations to assess future adaptation to global change [262]. The era of genomics on CoTS using HTS
technologies has just started to emerge. By sequencing the transcriptome of the male gonad of CoTS,
using an RNA-Seq approach, key candidate genes involved in reproduction were identified [263].
This study found that CoTS contain proteins, molecules, signalling pathways and key developmental
genes that are known to have a role in sperm motility and signalling in other echinoderms [263].
A recent study using genome sequencing and proteomics in combination with behavioral experiments,
allowed the identification of key species-specific pheromones involved in their aggregation [176].
Although this result provides a potential solution to control adult populations of CoTS in the GBR,
little is known about the molecular basis underlying CoTS life history stages in response to ecological
factors. Therefore, future studies using HTS approaches in combination with ecological experiments
are necessary. A complete developmental transcriptome will be essential for the identification of (1) key
genes and signalling pathways involved in CoTS developmental traits; (2) response to environmental
factors addressed in this review; and (3) for understanding the molecular mechanism of calcification in
CoTS. Moreover, genome sequencing of closely related species could provide a comparative genomic
approach for population genomics and evolution within this group of animals. Other approaches
such as eDNA could also serve as a tool to trace the distribution of early life stages of CoTS in the
field [53,107,264]. These data will not only contribute to a better understating of CoTS genomics,
but will also be required for effective conservation and management.

3.3. Advances in Modelling

There have been significant recent advances in modelling CoTS populations (relevant to
demographic and/or dispersal models), building on a long history of theoretical treatment of outbreak
dynamics and the spread of outbreaks [265]. Previous demographic models were mostly developed at
a reef-scale and typically incorporated demographic processes and predator-prey relationships, but not
dispersal [266,267]. For example, Morello et al. [268] developed a model of intermediate complexity
for ecosystem assessment (MICE) based on trophic interactions between CoTS and slow versus fast
growing corals for Lizard Island. Although this model fit with observed population dynamics based
on AIMS LTMP data [133], it implicitly assumed low immigration and self-recruitment levels and
failed to capture major peaks in CoTS abundance. The semi-individual based model developed by
Chen et al. [269] has further refined those predictions and was able to reconstruct historical abundances
on a set of three reefs (including Lizard Island), however such a model remains too data demanding and
computationally intensive to be transferred to the entire Great Barrier Reef. Furthermore, this model
does not account for connectivity via larval dispersal, though it could be added.

At a regional scale, the development of large-scale hydrodynamic models for the GBR
gave researchers the opportunity to recreate the initiation and spread of outbreaks [82–84,93].
However, Wolanski [270] suggested that these predictions were built upon unrealistic assumptions
and parameterization of the dispersal process and should therefore not be used for management.
Despite this, these hydrodynamic models provided the foundation for Scandol’s [271] interactive
metapopulation models for CoTS management. Another hydrodynamic model was proposed by
Bode and Mason [272] and was used to define self-recruitment and connectivity for 321 reefs on the
GBR [273], and in turn model the effect of increasing nutrients on CoTS outbreaks and coral cover
over a 150 year time period [45]. This showed that moderate increases in nutrient availability can
drastically increase larval survival and reduce coral cover. Importantly, these models were designed
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to predict population dynamics under a specific scenario (i.e., varying chl-a levels) while keeping
other parameters constant; however, such parameters were not calibrated against empirical data.
Furthermore, such models did not account for uncertainty and how it propagated through the different
steps, limiting their usefulness in terms of management and in developing decision-making strategies.

Recent developments in the hydrodynamic modelling for the GBR (e.g., eReefs) have reinvigorated
attempts to understand CoTS population dynamics and provide management solutions. A connectivity
network model for CoTS on the GBR based on hydrodynamic models generated from eReefs [58]
aimed to identify the most important areas for initiating and spreading CoTS outbreaks via their
relative importance within the network. This approach has since been used as the basis of an adaptive
management strategy, whereby reefs targeted for control are selected based upon their likelihood to
spread future outbreaks [274]. While it is a commendable and practical approach to inform management
decisions, this model is solely based on dispersal and fails to incorporate demography or important
biotic interactions [275]. Furthermore, if models such as these are to be used for management, it is
essential for them to be first validated against empirical data, and to account for uncertainty and its
propagation throughout the model.

This recent progress in the field of CoTS modelling highlights important directions for future
research: (i) despite the fact that there is no one-size-fits-all model, CoTS models should be
better integrated across multiple scales so that those developed at reef scales can inform regional
models (e.g., role of CoTS behavior, such as aggregation, on spatial distribution patterns). In turn,
regional models provide a framework for defining conditions at the boundaries of reef-scale models
(e.g., immigration rates from neighbouring reefs); (ii) demographic models should combine multiple
and diverse sources of empirical data and specifically highlight where there is limited relevant
information [275]. This will provide an opportunity for better interactions between CoTS modellers and
biologists to prioritize biological research; (iii) for CoTS models to be useful in terms of management,
there needs to be a better appraisal of uncertainty (both data- and model-driven) and how it propagates
though the different steps of the model. This implies the need to steer away from purely deterministic
models and, instead, account for both environmental and demographic stochasticity. By documenting
the uncertainty stemming from each step of the model and each scenario, more transparent CoTS
models will allow managers to assess the impacts of different management strategies while accounting
for the full range of their possible outcomes.

3.4. CoTS and Climate Change

Acanthaster spp., as well as their coral prey, are increasingly subject to environmental change
caused by anthropogenic forcing in global climate systems. This issue was brought to the fore, during
the recent mass bleaching on the GBR [276], which is expected to have resulted in levels of coral
mortality to rival the cumulative impact of entire cycles and reef-wide outbreaks of A. cf. solaris.
Widespread and significant bleaching [276] and subsequent coral mortality throughout the initiation
box may ultimately constrain the initiation of future CoTS outbreaks, which are expected to occur
in the early 2020s. However, projected changes in ocean temperatures and seawater chemistry are
also expected to have direct effects on Acanthaster spp. [23,24,42,74–76,78] and juveniles [74,124,277]
especially during early life-history stages.

The optimal temperatures for embryonic and larval development of A. cf. solaris (28–29 ◦C),
reflects ambient temperatures currently experienced during the reproductive season in the northern
GBR [24,76]. Above these temperatures embryonic abnormality and mortality increase [76,78] and
larval growth is impaired, as evident in the reduced size of the brachiolaria [75]. Without acclimation
to changing climate, even moderate ocean warming (1–2 ◦C) is therefore, likely to impose significant
constraints on reproduction and settlement rates. When ocean acidification is also considered,
warming (+2 ◦C) and reduced pH (pH 7.6–7.8) have additive negative effects, reducing larval size [75].
As a single stressor acidification increases developmental abnormality in CoTS and reduces larval
growth [74]. Settlement by CoTS was also negatively affected when coralline algae were grown in low
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pH conditions [74]. These negative effects on early development may be the bottleneck for population
maintenance of CoTS in a changing ocean.

In contrast to larvae, juvenile CoTS are highly tolerant to increased temperature (+2 ◦C
above ambient) and resilient to acidification (pH 7.6) [124]. Growth and feeding rates of the
algal-feeding juveniles were highest at 30 ◦C and pH 7.6. While growth increase at higher temperature
is likely due to the direct effects of warming on physiology, faster growth in ocean acidification
conditions was not expected. This was largely attributable to indirect effects of acidification on
coralline algae [277], which was more palatable (less calcified) and had a higher nutritional value
(C:N) when grown at low pH. The cumulative effects of environmental change on individual fitness
and population viability of Acanthaster spp. still needs further consideration, along with explicit
research into the vulnerability of coral feeding juveniles and adults to ocean warming and ocean
acidification. However, any such effects may be largely irrelevant, given that climate-change poses a
real and considerable threat to the availability of coral prey [276], and has disproportionate impacts on
Acropora and other corals that are favored by Acanthaster spp. Importantly, the loss of preferred coral
prey will lead to declines in the quality and quantity of progeny [25,48], with significant consequences
for population replenishment regardless of any direct effects of environmental change.

4. Discussion

Despite persistent controversy surrounding the specific cause(s) of outbreaks of
Acanthaster spp. [1,29], there has been substantial research (>950 publications) on Acanthaster spp.
over the past 30 years, leading to major advances in knowledge of their biology and ecology, as
well as increased understanding of the effects of CoTS outbreaks within reef ecosystems (Table 1).
In all, we suggest that 59% (24 out of 41) of the questions posed by Moran [21] have been effectively
addressed and largely resolved in the last 30 years (Table 1). Many of the questions that are still
largely unresolved relate to ecological processes (e.g., food-limitation and predation) that pertain to
population regulation. While these questions are critically important in establishing the fundamental
cause(s) of outbreaks of Acanthaster spp., a large part of the reason why these questions have
not been effectively addressed is that the required research will be logistically very challenging.
For example, measuring survivorship of CoTS larvae in the field is not really tractable, and it is
clear that experimental studies conducted under laboratory conditions provide very limited insights
into natural rates and causes of larval mortality (Section 2.12). There are however, some unresolved
questions that are not only tractable, but will contribute directly to increased management efficiency
and effectiveness (Table 1), and it is these research topics that should be given immediate priority.
Notably, new technologies and opportunities to quantify the temporal and spatial patterns in the
abundance of CoTS larvae [53,54], along with other established methods for measuring settlement
rates [115] should be incorporated into intensive and ongoing monitoring programs to provide an
early warning system for new and renewed outbreaks of Acanthaster spp. (Section 2.33).

Table 1. Research progress against each of the specific questions posed by Moran [21]. Numbers reflect
the original numbering of questions, as referred to in heading throughout Section 2. “*” indicates those
questions that are still unresolved, that are nonetheless very tractable problems which will have
significant benefit for understanding and managing outbreaks of Acanthaster spp. on relatively
short time-frames.

Topic Addressed/Resolved Unresolved Ambiguous

Larvae Q4–8, Q14 Q1–3, Q9 *, Q10
Settlement and juveniles Q12, Q20–21 Q11 *, Q13 *, Q15–18 Q19

Adults Q2–5, Q8, Q10–11 Q6–7, Q9 * Q1
Impacts Q1–3

Overarching Q2, Q4–5 Q1, Q3, Q6 *
Total 21 18 2
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A large portion of recent studies on Acanthaster spp. are confirmatory in nature, often refining
or validating the exceptional insights of early researchers, such as Endean [113] and Moran [21].
For example, Pratchett et al. [127] quantified short-term movement rates for adult A. cf. solaris
over different substrate types. Despite using detailed video analyses to document movement under
laboratory conditions, Pratchett et al. [127] reported rates of movement that were broadly similar to
those estimated based on field observations in the 1960s [113]. Moreover, the more critical question
to establish the capability of CoTS to move between reefs, which was also raised by Endean [113],
about how long adult CoTS can actually sustain near maximum rates of movement, has never been
addressed. While specific and detailed experimental studies are critical in providing a stronger
foundation for future research as well as the application of research findings, major advances in
understanding and managing outbreaks of Acanthaster spp. are reliant on (i) synthesis of prior research,
both through qualitative reviews (e.g., [1,31,129]; this review) and empirical-based models (Section 3.3)
to combine diverse data sources and identify critical knowledge gaps; (ii) coordinated and collaborative
research efforts to effectively address logistically challenging questions at relevant scales of time and
space, and in field settings; and (iii) improved integration of science and management, not only to
expedite the update of new and important research findings, but to moderate research objectives to
explicitly consider specific management tools and levers, and the relevant time-frames for considering
different management actions.

Moran [21] provided a thorough and comprehensive review of the state of knowledge for
Acanthaster spp. in the mid 1980s, during the height of the second documented outbreak on
the GBR. At the time, most of the research and scientific discussion centered on the cause(s) of
population outbreaks, and specifically, whether outbreaks are influenced by anthropogenic activities.
Moran [21] predicted that the staunch support for individual hypotheses and specific viewpoints
would significantly impede scientific advances, such that research should not aim to confirm or refute
individual hypotheses, especially not in isolation. Currently, in the midst of the fourth documented
outbreak wave on the GBR, there is still ongoing debate and specifically targeted research to address
individual causes of outbreaks. Some of this research is entirely pragmatic, focusing on the potential
benefits of specific management actions [133], rather than the specific mechanistic causes of outbreaks.
However, focus needs to be given to specific, well-defined and tractable issues (Table 2). Outbreaks of
Acanthaster spp. also need to be considered against the backdrop of other disturbances and threat
to coral reef ecosystems. Worryingly for the health of the GBR is that the same areas that have so
far been impacted by outbreaks of A. cf. solaris (northern and central sections; [34,35], have recently
(2016 and 2017) been subject to the most widespread and most severe mass coral bleaching ever
recorded [276].

In conclusion, outbreaks of Acanthaster spp. remain one of the most significant disturbances
and major causes of coral loss across the Indo-Pacific [6–9,17,19,20,219,235,278]. While previous
efforts to eradicate outbreaks have only been successful in relatively small and isolated areas [22,148],
questioning whether it would ever be feasible or practical to prevent outbreaks. However, outbreaks are
more amenable to direct intervention than most of the other major causes of widespread and
significant coral loss (e.g., climate-induced coral bleaching), and therefore, sustained and ongoing
research to improve understanding and management of outbreaks of Acanthaster spp. is certainly
warranted. Fundamentally, there remain considerable practical and logistical challenges to undertaking
necessary research to better understand the population dynamics of Acanthaster spp., though emerging
technologies continually provide new opportunities and increased efficiencies to tackle research
questions that were previously intractable or unfeasible (e.g., [53,54,107]). The purpose of this
review was to highlight research questions posed more than 30 years ago, that were considered
fundamental in understanding and managing CoTS outbreaks [21]. Despite significant research in
the intervening period, a relatively large number (18 out of 41) of these questions remain largely
unresolved (Table 1). It was not that scientists completely neglected or disregarded these questions,
and there has been some progress made to address many (21 out of 41) of the pertinent questions
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(Section 2). There have also been new and emerging issues (Section 3) that have partly deflected
research attention. However, ongoing debate regarding the specific cause(s) of CoTS outbreaks is
potentially detracting from effective research on this issue. Moving forward, the focus has to be on
questions that will improve the effectiveness of management to reduce the frequency and likelihood of
outbreaks arising, as well as detecting and containing outbreaks as soon as they start.

Table 2. New questions about crown-of-thorns starfish, intended to stimulate future research. These are
additional to unresolved questions that were posed by Moran [21] (Table 1).

Biogeography and systematics

(1) Is it possible to distinguish distinct species of Acanthaster spp. in the field? Do these species hybridize in areas of
geographical overlap?

(2) Is there interspecific variation in demography (e.g., growth and fecundity) and behavior (feeding rates and diets)
that might account for geographic variation in incidence and severity of population outbreaks?

Larval biology

(3) How does the nutritional status of wild larvae vary spatial and temporally? Does the condition, survival and
settlement of larvae increase following exposure to nutrient pulses and phytoplankton blooms?

(4) What is the most critical bottleneck in larval development and survival? Are nutrient (and food) pulses more
important for early or late developmental phases?

Adult behavior

(5) Is interannual variation in spawning intensity and periodicity related intrinsic (adult condition) or extrinsic
(e.g., temperature) factors? What are the proximal and ultimate spawning cues?

(6) Does increased abundance and diversity of reef fishes (and/or invertebrate predators) constrain the reproductive
success of Acanthaster spp. (either through sub-lethal effects on fecundity or disruption of aggregations
and spawning)?

Control strategies

(7) Can intensive culling contain or prevent, rather than eliminate outbreaks? What are the detection limits and
culling efficiencies for immature starfish? What are the longer-term versus short-term benefits of direct control?

(8) Is it possible to disperse aggregations and/or prevent spawning by CoTS using chemical deterrents? Is it possible to
aggregate dispersed populations to increase effectiveness of culling?
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Abstract: Nearly a decade ago, DNA barcoding (partial mitochondrial COI gene sequences) showed
that there are at least four species in the Indo-Pacific within what was previously conceived to be a
single Crown-of-Thorns-Seastar (COTS) species, Acanthaster planci. Two of these species—A. planci
Linnaeus, 1758, distributed in the North Indian Ocean, and A. mauritiensis de Loriol, 1885, distributed
in the South Indian Ocean—have been already unequivocally named. In contrast, the Pacific COTS
(proposed name: A. solaris (Schreber, 1795) and the COTS from the Red Sea (still to be named) require
further taxonomic work. COI barcoding sequences and Barcode Identification Numbers (BINs) are
available for all four COTS species in the global Barcode of Life Database (BOLD). We recommend
depositing voucher specimens or tissue samples suitable for DNA analyses when studying any aspect
of COTS, and use BINs to identify species, to ensure that no information is lost on species allocation
until unequivocal Linnean names are available for the Pacific and Red Sea species as well. We also
review the differences between COTS species with respect to morphology, ecology, and toxicity.
Future studies should widen the current biogeographic coverage of the different COTS species by
strategically sampling neglected areas, especially at the geographic distribution limits of each species,
to enhance our understanding of the diversity of this reef coral predator.

Keywords: COTS; taxonomy; Linnean names; DNA-barcodes; Barcode Index Numbers; biogeography

1. Introduction

There is little doubt that the Crown-Of-Thorns-Seastar (COTS), usually referred to as
Acanthaster planci (Linnaeus, 1758), with its corallivorous lifestyle and strong tendency to mass
outbreaks, is one of the most serious threats to coral reefs throughout the Indo-Pacific marine
biome, and numerous studies over the last decades have addressed all aspects concerning this point
(reviewed in [1]). These circumstances have led to Acanthaster planci’s being the most researched and
cited of all echinoderm species.

For more than 250 years, researchers have noticed morphological differences among specimens of
COTS from different geographical areas. Indeed, a number of taxa have been proposed, and these have
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subsequently been merged again or split further (for a review, see [2]). Currently, only one other species
aside from Acanthaster planci is uniformly accepted as valid within the genus, Acanthaster brevispinus
Fisher, 1917 [3]. This species does not feed on coral and thus does not threaten coral reefs. Yet during
the last 30 years, various molecular datasets have suggested that Acanthaster planci might be more than a
single species [4–8]. The most thorough molecular and phylogeographic study that included Acanthaster
planci specimens across its entire Indo-Pacific distribution range (from the Red Sea to Mauritius and the
Eastern Pacific) revealed no less than four deeply divergent clades [9]. The “barcoding fragment” of the
mitochondrial COI gene showed high inter-clade divergence (8.8–10.6%) compared to <0.7% intra-clade
divergence, strongly suggesting that Acanthaster planci represents a species complex with four different
species instead of a single one [9]. These species (and we use the term “species” henceforth) show
distinct geographical distribution patterns across the Indo-Pacific: one species might be restricted to
the Red Sea, one occurs in the Northern Indian Ocean, another one mainly in the Southern Indian
Ocean (with the exception of Northern Oman), and the fourth species shows a pan-Pacific distribution
(Table 1; Figure 1, references [9–11]). Moreover, the Pacific species shows some internal phylogeographic
structure [12–14], accordingly it cannot be excluded that additional (sub-)species be discovered here in
the future using higher-resolution molecular markers, such as SNPs.

Figure 1. Geographic distribution of COI-barcoded species and of type localities of names (combined
and modified from [2] and [9–11]: red—Red Sea (RS) species; blue—South Indian Ocean (SIO)
species (A. mauritiensis); yellow—North Indian Ocean (NIO) species (A. planci); green—Pacific Ocean
(PO) species (A. solaris). Location of type localities of nominal (sub-)species: asterisk—A. planci;
cross—A. echinites; triangle—A. solaris, square—A. mauritiensis; circle—A. ellisii pseudoplanci; “?”—the
type locality of A. ellisii was not specified: in South American waters of the East Pacific.
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2. Nomenclatorical Status and Problems

When established in 2008, Vogler et al. [9–11] did not correlate the four species with any Linnean
taxon names. This could explain why their results have not been considered in most studies on COTS
biology and ecology published since then, despite the potential implications of these findings for COTS
research and conservation.

This unfortunate situation was only partially overcome by a recent thorough nomenclatorial
study [2], which linked available names of two of the four species—(1) Acanthaster planci
(Linnaeus, 1758) (with type locality Goa, West Indian coast) and Acanthaster mauritiensis (de Loriol, 1885)
(with type locality Mauritius Island, [15]) with the Northern Indian Ocean (NIO) species and the
Southern Indian Ocean (SIO) species, respectively. The Red Sea species still needs formal description,
which is currently in progress by Gerhard Haszprunar and Gert Wörheide.

In contrast, the Pacific species, the most frequently studied one, is still somewhat equivocal in
its nomenclature. The type localities of two of the previously described nominal species fall into
the actual distribution area (Figure 1): (a) Acanthaster solaris (Schreber, 1795) has been described as
being likely from the area around Cebu in the Philippines (see [2] for the specifics of the problems
concerning the exact localization of the type locality). (b) Acanthaster echinites (Ellis & Solander in Watt,
1786) has its type locality “from Batavia”, i.e., off Jakarta, Indonesia. According to Vogler et al. [9],
the latter region shows sympatry between the North Indian Ocean (A. planci) and the Pacific species.
There is no type material of A. echinites left, and the original description can be applied to both
species. Since Schreber [16] expressively distinguished his specimen from the description by Ellis
& Solander (in [17]), we prefer the interpretation made by the authors of [2] that A. echinites is a
synonym of A. planci and that A. solaris is the valid name for the Pacific species. For formal clarification,
the designation of a neotype from off Jakarta is necessary to make the species name Acanthaster
solaris (Schreber, 1793) [16] unequivocally available for this species (currently in progress by Gerhard
Haszprunar and Gert Wörheide).

Acanthaster ellisii (Gray, 1850) and Acanthaster ellisii pseudoplanci (Caso, 1962) have both been
described as from East Pacific regions (Figure 1). However, all molecular analyses to date have united
these populations within the Pacific species (same Barcoding Identification Number (BIN), see below),
although the Pacific clade shows a significant substructure [12–14]. The Eastern Pacific COTS
populations certainly deserve more in-depth future studies to clarify their taxonomic relationships.

3. Why Taxonomy of COTS Does Matter—Differences between A. planci Species

The fact that the existence of these four species has largely been ignored by the COTS research
community over the last decade may also be due to a certain reluctance to accept the identification
of species based on molecular data rather than on more traditional methods, such as morphological
characters or biological traits. However, the most recent publications on COTSs increasingly reflect the
reception of the species complex and its implications (e.g., [18–23]).

Yet, although no thorough study was ever conducted to directly compare the biology of any
of these four putative species, when digging through the COTS literature of the past 50 years,
there are some indications pointing towards differences between them. The comparisons are limited
by the fact that the overwhelming majority of COTS research was conducted on the Pacific species
(Acanthaster solaris), nevertheless the few studies conducted in the Red Sea and the Indian Ocean
indicated some differences. Here, we present a brief review of these differences (and in some cases
lack of differences) for various aspects.

3.1. Morphology

There are indications of species-specific differences in the number of arms between the various
species of the A. planci species complex. Reports and photos available through various websites reveal
a maximum of 23 arms for the Pacific species, whereas the Red Sea species has a maximum of only
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13–14 arms (e.g., [24]). However, since the number of arms increase with age and size, this character
appears to be of minor importance. The same appears to be true for the length of arms which seem
to be shorter in East Pacific populations (often called Acanthaster ellisii), although not statistically
significant [25].

Differences between A. brevispinus and all COTS species are currently restricted to the shape
of pedicellariae and spines [23], but thorough morphological comparisons by Scanning Electron
Microscopy (SEM) or Micro-Tomography (μCT) may uncover new differences between these taxa.
A focus of future morphological comparisons using these techniques may especially be the East Pacific
populations of the Pacific species, which were formally described as Acanthaster ellisii pleudoplanci
(Caso, 1962) [26]. Finally, there are significant differences in spine length between the population of
COTSs from Ambon Islands (Molluken Archipelago, Indonesia) and that from Papua Islands [27],
which may reflect a difference between the true A. planci (Northern Indian Ocean species) and the
Pacific species, A. solaris. We cannot rule out that further significant morphological differences between
species will be detected in more comprehensive morphometric studies.

The most obvious aspects of morphological variation identified so far are the differences in color
detected between the Pacific species and those of the Indian Ocean (A. planci and A. mauritiensis).
COTSs in the Pacific Ocean are variable in color [27]: they are usually gray-green to gray-purple,
often with reddish papulae that typically take on a “bulls-eye” appearance due to two rings of darker
papulae (Figure 2a; [27]). Specimens of the Red Sea species are of a similar type of color (Figure 2b; [27]).
However, specimens of the true A. planci tend to have a very different color, sometimes referred to
as “electric blue” (Figure 2c,d; [27]; personal observations by all authors). This “electric blue” is also
not found in A. mauritiensis. The latter species appears to range from a light blue to a rusty color
(Figure 2e,f; Catherine Vogler and Gerhard Haszprunar pers. obs.). Whether the “electric blue” color
exactly matches the genetic affiliation of the true A. planci, especially in the contact zone with other
species, has yet to be fully confirmed.

Figure 2. “Typical” color morphs found in the sister-species: (a) Pacific species,
Fiji (tentatively Acanthaster solaris (Schreber, 1793)) (credit: Nina Yasuda), (b) yet unnamed
Red Sea species (credit: Jessica Bouwmeester), (c) and (d) Northern Indian Ocean species, i.e., the true
Acanthaster planci (Linnaeus, 1758), (c) UAE (credit: Maral Shuriqi); (d) Oman (credit: David
Mothershaw), (e, f) Southern Indian Ocean species, i.e., Acanthaster mauritiensis de Loriol, 1885,
(e) Kenya (credit: Kevin Ransom), and (f) Chagos Archipelago (credit: Anne Sheppard).
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Summing up, it is not unlikely that distinct morphologies can be applied to distinguish the various
species of COTS, but up to now an integrative approach to resolve COTS taxonomy is still missing.

3.2. Toxicity

The toxicity of Red Sea and Pacific COTSs also appears to be different. There is no evidence for a
strong venom in Red Sea COTS, based on the reaction of divers from the Cambridge Coral Starfish
Research Group to the penetration of spines: “although most members of the expedition were often
pricked by their sharp spines, only one animal gave any real discomfort to both of the people who
handled it” [28]. Pacific COTS, on the other hand, were found to inflict a range of different symptoms,
from severe pain for several hours to persistent nausea and fever for several weeks or even permanent
abscesses, apoptosis, hemolysis, and bone-destroying processes (reviewed in [27]). This depended
on the number of spines penetrating, whether they broke off in the wounds, possible variability
between individual sea-stars and different sensitivities of the victims [27]. Because it is improbable
that all members of the Cambridge Coral Starfish Research Group were all particularly insensitive to
COTS-inflicted wounds, Red Sea COTSs probably have significantly lower toxicity than the Pacific
COTSs (no clear data are available on the other two species from the Indian Ocean). As toxicity is
likely to evolve as a defense against predation, this could even be part of the reason why Red Sea
COTSs are predominantely nocturnal (Gert Wörheide pers.obs.), as their defense system may be less
efficient than that of Pacific COTSs. Since overexploitation of predators has been proposed as one
possible cause of COTS outbreaks [27,29], these differences in cryptic behavior and toxicity are far
from trivial. Indeed, outbreaks are much more intensive in the Pacific Ocean compared to the Red Sea,
and investigations of whether higher predator pressure, higher toxicity, or different behavior in the
latter is the main cause of this difference may shed new light on this question.

3.3. Outbreaks

All species of COTS tend to produce outbreaks and mass aggregation, although this appears
more frequently in the Pacific species [30]. The causes of outbreaks are still debated (see recent
review [1]), and two main hypotheses have gained the highest support to date: (1) the “larval starvation
hypothesis”, which argues that increased nutrient levels favor the survival of COTS larvae [27,30–32],
and (2) the “predator removal hypothesis”, which suggests that the overexploitation of predators
allows more larvae and juveniles to survive to maturity [27,29]. Outbreaks in the different COTS species
could have different causes, and the different species could, for example, react differently to increased
nutrient levels or the removal of predators. As such, obtaining a more thorough understanding of
the biology of the Red Sea and the two Indian Ocean species and the causes of outbreaks in these
species could also help understand more about the Pacific species as well, e.g., by giving new clues
and opening new avenues of research. Therefore, comparative studies between the four species are
needed to gain more insight into this major management issue of coral reefs.

3.4. Conclusions

To conclude, despite the limited amount of information available on COTSs from the Red Sea
and the Indian Ocean, several differences suggest divergent biology and ecology of the four COTS
species. Further research is definitely needed to establish whether these rather anecdotal observations
can be substantiated to significantly increase our appreciation of the differences in the biology of the
individual species in this species complex.

It is likely that there are differences in color patterns between the four species, and in-depth
morphological (SEM, μCT) and morphometric analyses may uncover further differences that
may characterize each species. In particular, the larval and juvenile stages are in urgent need of
more comparative data outside the Pacific species, Acanthaster solaris, since these probably play
a critical role in the causes of outbreaks [27,29–32]. Finally, to understand differences between
the sister-species and the degree to which they have diverged, interbreeding experiments are
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also important. Sympatric occurrence of different COTS species has been observed in two areas:
the Gulf of Oman, where A. planci and A. mauritiensis co-occur and at the Indian/Pacific break
(Indonesian waters), where individuals of A. planci and of the Pacific sister-species Acanthaster
solaris co-occur [2,9–11]. Due to its maternal inheritance, the available data from mitochondrial
DNA [9–12] prevent unequivocal inference of reproductive barriers. Data from biparentally inherited
allozymes suggest there was little gene exchange between the Northern Indian (Acanthaster planci)
and Pacific Ocean (Acanthaster solaris) species, but that there may have been introgression in the
mixed population of Pulau Seribu [14]. However, the data are somewhat inconclusive due to small
sample sizes, and the potential incomplete segregation of ancestral genotypes [5]. Further research
with high-resolution nuclear molecular markers will thus be necessary to determine whether there
are introgression events or even hybridization zones in the contact areas. Lucas et al. [33] crossed
specimens from the Pacific species A. solaris with A. brevispinus, the short-spined sister-species of
the COTS species complex. The authors found that first-generation hybrids were viable but that
both second-generation hybrids and back-crossed offsprings were of poor viability. Some showed
morphological abnormalities, which suggested there were barriers to reproduction between
A. brevispinus and COTSs. However, crossing experiments are very time- and resource-intensive,
so indirect genetic methods are preferable.

4. The Usage of BINs for the Species of the Acanthaster planci Complex

Since the seminal paper by Hebert et al. [34], partial mitochondrial COI gene sequences have
been used as so called “DNA barcodes” with high success in nearly all metazoan taxa. Problems are
mainly restricted to taxa with a net-like genealogy (hybrids, introgressions, etc.) and non-bilaterians,
which frequently show highly conserved COI sequences [35,36]. However, available data strongly
suggest that DNA barcoding is an excellent tool in discriminating echinoderm species [37–39]. As a
general advantage, DNA barcode sequences do not change over an organism’s lifetime, and can thus
equally be applied to eggs, larva, adults, or the remains of animals.

Ratnasingham and Hebert [40,41] subsequently established the Barcoding of Life Data System
(BOLD: [42]) as a global and open-access database for DNA barcodes. Already somewhat foreshadowed
by certain authors (e.g., [43]), they [44] also introduced the Barcode Identification Number (BIN) system
as a third step. A website with a distinct BIN number is provided for clusters of sequences, where
sophisticated statistical analyses (see [45] for a comparative evaluation) have provided evidence
for intraspecific continuity versus interspecific discontinuity (the so-called barcoding gap, [46]).
Meanwhile, the BIN-framework is well established and has already become an international standard
for re-identification of still unnamed or undetermined species (e.g., [47]). The BIN-site of the BOLD
handbook [48] lists several points offered by the BIN-framework concerning all reliable data of
specimens and species for the user, all these data and options are open access: (1) Details of BIN. (2)
Taxonomy. (3) Tags & Comments to be added. (4) Distance distribution. (5) Publications. (6) Tree
reconstructions of BIN and nearest neighbor. (7) Haplotype network. (8) Collection location and data
managers. For the BIN-numbers of the four currently recognized species of COTS, see Table 1.

Whereas there are as yet no clear diagnostic morphological characters available to clearly
distinguish COTS species, species distinction based on DNA barcoding sequences are so far
unequivocal and clear. Moreover, an openly accessible database with the Barcode Index Numbers
for all currently recognized species of COTS is available, where sequences can be easily checked,
compared, and added. Moreover, fast, cheap, and reliable routine protocols for mtDNA COI DNA
barcode sequencing have been established to unequivocally determine the species identity of each
COTS sample using the BIN framework [9–11].

5. Recommendations

In order to unequivocally allocate any kind of data on COTSs to the respective species, we make a
number of recommendations:
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(1) Provide and deposit a whole- or partial specimen voucher or tissue sample to your local public
museum or collection with the exact sampling locality and inventory data, and request a voucher
number. Add voucher number and metadata to any publication that arises. These vouchers,
or at least parts thereof, should be suitable for molecular analyses, for example, stored in high
percentage (>95%) alcohol, but may be freeze-dried or frozen. The issue of voucher deposition is
of particular importance for molecular studies [49,50] and genome sequencing project such that
future studies do not mismatch different species and one can go back to the actual specimens
for (morphological) verification. Regrettably, no voucher specimens were kept from the two
A. solaris specimens from which draft genomes were recently sequenced [42], so their morphology
unfortunately cannot be examined.

(2) If possible, provide a COI barcode of your specimens, larvae or tissues, and use the BIN-code for
unequivocal classification until the nomenclatorial prerequisites for valid Linnean binomens of
all species are fulfilled (see [10] and above). Meanwhile, a good number of institutions (and the
labs of Gerhard Haszprunar and Gert Wörheide) offer DNA barcoding services for a small fee,
e.g., to cover consumables and sequencing.

(3) Extend the knowledge about the biogeographic distribution of the at least four species of COTS.
Of particular interest are potential areas of sympatry and areas that have not been covered so far
(see [2,9–11]). Such areas include

a. areas of putative species sympatry/clade overlap (e.g., the southern coast of Oman,
Yemen, and Somalia; Gulf of Aden; Western Indonesia);

b. sites close to the southern distribution limits of both Indian Ocean species;
c. sites close to the northern and southern distribution limits of A. solaris;
d. sites in the eastern Pacific to resolve the status of the putative species Acanthaster ellisii and

Acanthaster ellisii pseudoplanci.

We here call for, and propose, an open biogeographic study within the framework of the recently
established “Diversity of the Indo-Pacific Network” [51] to enhance our knowledge of the diversity
of this coral predator. If collectors are unable to produce DNA barcode samples themselves, they are
invited to send specimens or tissue samples suitable for molecular work to the lab of Gert Wörheide at
LMU Munich.
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Abstract: For broadcast spawning invertebrates such as the crown-of-thorns starfish, early life
history stages (from spawning to settlement) may be exposed to a wide range of environmental
conditions, and could have a major bearing on reproductive success and population replenishment.
Arrested development in response to multiple environmental stressors at the earliest stages can be
used to define lower and upper limits for normal development. Here, we compared sperm swimming
speeds and proportion of motile sperm and rates of fertilization and early development under a
range of environmental variables (temperature: 20–36 ◦C, salinity: 20–34 psu, and pH: 7.4–8.2) to
identify environmental tipping points and thresholds for reproductive success. We also tested the
effects of water-soluble compounds, derived from eggs, on sperm activity. Our results demonstrate
that gametes, fertilization, and embryonic development are robust to a wide range of temperature,
salinity, and pH levels that are outside the range found at the geographical limits of adult distribution
and can tolerate environmental conditions that exceed expected anomalies as a result of climate
change. Water-soluble compounds derived from eggs also enhanced sperm activity, particularly in
environmental conditions where sperm motility was initially limited. These findings suggest that
fertilization and embryonic development of crown-of-thorns starfish are tolerant to a wide range of
environmental conditions, though environmental constraints on recruitment success may occur at
later ontogenic stages.

Keywords: cleavage; gastrulation; sperm activity; temperature; salinity; pH; Acanthaster outbreaks

1. Introduction

Outbreaks of the coral-eating crown-of-thorns starfish (CoTS), Acanthaster spp., are one of the
most significant biological threats to coral reefs and account for a substantial proportion of coral
mortality in the Indo-Pacific region [1–3]. CoTS are predisposed to major population fluctuations,
whereby local densities may vary by several orders of magnitude [4], due to inherent features of
their reproductive biology and behavior [5,6]. Reproductive success is central to explaining periodic
increases in local densities [7]. Understanding the critical events in the early life history of CoTS is key
to identifying population bottlenecks that could be strategically targeted to improve control programs
and mitigate coral mortality [8]. Despite this, environmental drivers of variation in reproductive
success for Acanthaster spp. remain poorly understood.
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Achieving high fertilization rates is vital in ensuring reproductive success [9]. Fertilization had
initially been thought to be non-limiting, given that broadcast spawners, such as CoTS, release copious
amounts of gametes during spawning [6,10]. Population replenishment in CoTS is believed to be largely
regulated by larval provisioning, larval delivery, post-settlement competition and predation [11–14].
However, a host of factors, at the gamete, individual, and population levels, as well as prevailing
environmental conditions, can influence fertilization success [9]. For example, changes in sperm
swimming speeds and the proportion of motile sperm affect fertilization success in CoTS [15] and other
echinoderms [16,17]. Previous studies have shown that the number and distribution of individuals
and the prevailing flow conditions during spawning dictate the local concentration of gametes [18–20].
Fertilization rates of CoTS have been reported to reach up to 83% at the peak of a major spawning
event [21]. In induced spawning experiments in the field, fertilization rates can be as high as 95%
when male and female starfish are in very close proximity [20]. As expected, fertilization rates drop
significantly as the distance between spawning individuals increases. Nevertheless, 70% fertilization
success was still achieved at distances of up to 8 m between spawning individuals and more than
20% at a distance of 60 m [20]. Fertilization success per unit distance in CoTS is higher compared to
other asteroid species and significantly greater than those reported for other marine invertebrates [7].
Despite achieving high fertilization rates at given sperm concentrations, at greater distances, and at
longer durations from the point of gamete release [22], very little is known on the tolerance of gametes,
fertilization, and early development of CoTS to a wide range of environmental conditions.

For broadcast spawning invertebrates such as CoTS, early life history stages occur in the water
column where environmental factors could disrupt the initial phases in the process of population
replenishment. The persistence and success of populations require that all developmental stages be
completed successfully and the variable sensitivity of planktonic stages (i.e., gametes, fertilization,
and early development) to environmental stressors (e.g., temperature, salinity, and pH) may be a
potential population bottleneck [23,24]. Evaluating the effects of environmental stress on gametes
and early life history stages is important as this can result in detrimental flow-on effects where
physiological performance and cellular responses of subsequent ontogeny depend on the success of
preceding stages [23]. In addition, marine organisms are exposed not only to natural environmental
stressors, but also the compounding effects of anthropogenic stressors, notably increasing global
temperatures, pulses of decreased salinity brought about by higher frequency of cyclones and
freshwater runoff, and reduced pH [24]. Climate change causes changes in baseline environmental
conditions, such that inherent fluctuations of temperature, salinity, and pH, particularly in nearshore
waters, may increasingly exceed tolerance thresholds, especially for populations currently living at
physiological limits [25].

Recent studies on the response of early life history stages of marine invertebrates to ocean
warming and acidification, have improved our knowledge on environmental thresholds of several
species [24]. Generally, temperature affects everything an organism does through its pervasive
physiological impact on all biological functions [26]. Ocean acidification has negative impacts on
development due to direct pH effects and hypercapnic suppression of metabolism, and is a major
threat to marine calcifiers because acidification decreases carbonate saturation with a negative impact
on skeleton formation [23,27]. Pulses of reduced salinity brought by heavy rainfall or freshwater lenses
of river plumes have been reported to result in decreased growth and reproduction rates in some
invertebrates [28] and affect the cellular osmoregulation in gametes and embryos [29]. The responses
of echinoderms to these environmental stressors are stage- and species-specific, but gametes and
fertilization appear to be robust to a wide range of temperature, salinity, and pH levels [30–32].
Environmental tolerances of echinoderm embryos are generally narrower than for gametes and
fertilization [16,31,33].

Spermatozoa of free-spawning marine organisms remain immobile at the time of gamete release
but become motile spontaneously upon dilution in seawater. Evaluating the response of spermatozoa
to environmental factors is important since activation is influenced by seawater temperature,
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osmotic pressure, extracellular pH, ultraviolet radiation, and the concentration of specific ions relative
to that in the seminal plasma in echinoderms [34–37]. Sperm swimming speeds in the polychaete
Galeolaria caespitosa have been reported to be enhanced under increased water temperatures [38],
but comparable research is yet to be undertaken for most echinoderms [23,27]. Decreased motility and
inactivation of sperm at low salinities has also been reported in sea urchins [29,39]. Previous studies
on echinoids also show reductions in the percentage of motile sperm at decreased pH and ultimately
reproductive success [18–20]. There is also evidence that oocytes from conspecifics release attractants
that induce chemotaxis toward the egg [40–42]. In some marine invertebrates, chemoattractants may
not only change the direction of sperm swimming but also increase sperm swimming speeds and the
proportion of motile sperm [43–45]. The interactive or additive effects of environmental stressors and
egg-derived chemoattractants warrant further attention, especially given potential impacts of climate
change on fertilization success.

The purpose of this study is to compare sperm behavior and rates of fertilization, as well as
early development under a range of environmental variables to identify environmental tipping
points and thresholds for reproductive success. As fertilization immediately follows spawning,
existing environmental conditions during gamete release could potentially limit fertilization rates and
early development even when sperm-to-egg ratios are optimal, which is expected when spawning
individuals are aggregated, gamete release is synchronized, and flow conditions are low to moderate [7].
Here, we examine temperature, salinity, and pH thresholds of sperm motility, fertilization, cleavage,
and gastrulation. Reproductive failure in echinoderms has been reported at different levels of these
environmental parameters, but few have looked whether this is due to the sensitivity of gametes,
failure of fertilization, or failure of fertilized eggs to cleave or hatch [46,47]. We also tested the
excitatory effect of water-soluble egg extracts on sperm behavior to add a maternal dimension to
the characterization of sperm motility. Sperm swimming speeds and proportion of motile sperm are
discussed in relation to fertilization rates. Previous studies on the impacts of these environmental
variables on marine invertebrates have mostly set experimental conditions with respect to projections
by the Intergovernmental Panel on Climate Change [48] for temperature rise (2 ◦C to 4 ◦C above
ambient), pulses of decreased salinity (regionally variable), and ocean acidification (0.2 to 0.4 pH
units below ambient) [49]. Here, we included extreme environmental stressor treatments to determine
how far gametes, fertilization, and early development can be pushed to identify tipping points
and thresholds for deleterious effects. Developmental arrest in response to multiple environmental
stressors at the earliest stages can be used to define lower and upper limits for normal development.
Quantifying environmental regulation of initial elements of reproductive success is important in
understanding the spatial and temporal dynamics of populations of Acanthaster spp., as well as
understanding vulnerability to environmental changes.

2. Materials and Methods

2.1. Collection and Maintenance of Animals for Experiments

Adult individuals of the Pacific species of crown-of-thorns starfish (Acanthaster cf. solaris) were
collected from aggregations in reefs around Puntan Dos Amantes (13◦ 32.346′ N, 144◦ 48.200′ E) on
the northwest coast of the island of Guam, Micronesia in October 2013. Starfish were immediately
transported to the University of Guam Marine Laboratory and allowed to acclimatize to ambient
conditions for 48 h (28.79 ± 0.23 ◦C; 34.19 ± 0.04 psu; pH 8.23 ± 0.02) in 1000-L concrete tanks with
flow-through seawater. Individuals were sexed by drawing contents from gonads along the arm
junction using a syringe with a large-bore biopsy needle [7]. Male and female CoTS were placed
in separate tanks prior to experiments. Gametes from gravid individuals were examined under a
compound microscope to generally assess reproductive maturity of oocytes and sperm motility.
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2.2. Preparation of Experimental Seawater

2.2.1. Water-Soluble Egg Extracts

Water-soluble egg extracts and seawater solutions (ESW) were prepared by incubation of
unfertilized eggs from five females (standardized to 100 egg·mL−1) for 60–90 min [43,45] under
different levels of temperature, salinity, or pH as described below. Eggs were filtered through a 0.22-μm
syringe filter (Millipore, Darmstadt, Germany) and immediately used in experiments. Filtered seawater
(0.2-μm) was used as controls and incubated under different levels of environmental treatments.
Experimental seawaters were kept in sealed Nalgene® glass containers prior to experiments.

2.2.2. Temperature

Preliminary pilot studies have shown that temperature below 20 ◦C resulted in zero fertilization
and cleavage. Temperatures ranging from 20 ◦C to 36 ◦C, at 2 ◦C intervals, were tested in this study.
This experiment was done inside a temperature-controlled room set at 16 ◦C. Parafilm®-sealed beakers
with 0.2-μm filtered seawater were placed in water baths with aquarium heaters (Eheim Jäger, Deizisau,
Germany) connected to digital controllers (Aqua Logic Inc., San Diego, CA, USA) to maintain set
temperatures. Pre-calibrated digital thermometers were placed in each water bath to monitor and
stabilize set temperatures.

2.2.3. Salinity

Initial rangefinder experiments showed zero fertilization at 18 psu. Eight salinity levels were
tested in this study: 20, 22, 24, 26, 28, 30, 32, and 34 psu. Salinity treatments below ambient conditions
(<34 psu) were prepared by adding distilled freshwater to 0.2-μm filtered seawater until set levels
were reached. This experiment was done in an incubator (VWR International, Radnor, PA, USA)
set at 28 ◦C. Beakers were fitted with plastic lids that had a 12-rpm synchronous motor attached to
a plastic stirrer to maintain set conditions and prevent the formation of artificial haloclines within
beakers. Salinity of seawater samples from experimental beakers was also measured before and after
experiments using HI 96822 Seawater Refractometer (Hanna Instruments, Woonsocket, RI, USA) with
automatic temperature compensation.

2.2.4. pH

This experiment was conducted to test the tolerance of fertilization and embryonic development
in CoTS to different pHNIST levels: 7.4, 7.6, 7.8, 8.0, and 8.2. Experimental seawater pH levels
(below ambient pH 8.2) was achieved by gently bubbling CO2 into reservoir overhead tanks, using a pH
computer (Aqua-Medic of North America, CO, USA) connected to a solenoid valve, until programmed
levels were reached. Experimental 0.2-μm filtered seawater was gravity-fed to containers with 45-mm
mesh windows enclosed by a plastic jacket placed in water baths set at 28 ◦C. Seawater pH in
experimental containers were measured before and after experiments using Orion 3-Star benchtop pH
meter (Thermo Scientific, MA, USA), which was triple calibrated with NIST-certified buffers (pH 4.01,
7.00, 10.01).

2.3. Sperm Speed and Motility

Sperm speed (sperm point-to-point velocity = total distance travelled per second) and sperm
motility (percentage of motile sperm) were measured from five male starfish, using techniques
described for crown-of-thorns starfish [15] and sea urchins [17]. Experimental seawater treatments
were prepared as described in the previous section. For each dilution, 2 μL of dry sperm were diluted
with 4 mL of experimental seawater. One drop (~100 μL) of this sperm suspension was placed on an
albumin-coated microscope slide and a coverslip, which were separated by a 0.75 mm thick O-ring
and focus set midplane to minimize wall effects on sperm swimming speed [16]. Sperm behavior
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was captured using a Canon EOS 60D single lens reflex camera coupled with a Zeiss Axio Scope A1
(A-Plan ph1 10×/0.25 objective). The video camera was remotely controlled using Canon EOS Utility
and set to take 25 frames per second over a two second period. All recordings were made within
10 s of the sperm suspension being placed on the slide. For each male, three replicate observations
(slides) were made for three independent sperm dilutions under each temperature, salinity, or pH
level and water-soluble egg extract treatment combination. Video recordings were post-processed
with Sony Vegas Movie Studio HD (Sony Creative Software Inc., Middleton, WI, USA), and 1-s video
clips from each slide (replicate) were analyzed using computer-assisted sperm analysis (CASA) plugin
in Image J [50]. From an average of 200 sperm tracks analyzed per slide, mean sperm speed and
percentage of motile sperm was determined for each replicate (slide) and standard deviation (SD)
was calculated.

2.4. Bioassays for Fertilization and Embryonic Development

Three sets of experiments were conducted to quantify fertilization, cleavage, and gastrulation
rates in response to different levels of (1) temperature, (2) salinity, and (3) pH. Ripe ovary lobes were
dissected from two female starfish and gently placed in glass dishes with 0.2-μm filtered seawater
(FSW) at 28 ◦C, to which, 1-methyladenine (1-MA) as added at a final concentration of 1 × 10−4 M.
Eggs were spawned after 60 min and pooled by transferring to a large glass beaker with FSW. For each
experiment, eggs were split into triplicate containers (with 150-mL experimental seawater) for each
treatment level. Approximately 300 eggs were rinsed with experimental seawater and transferred
to beakers so that final density was ~2 eggs mL−1. Testes lobes were dissected from three male
starfish and sperm that were shed after ~3 min were pooled together and placed in experimental
seawater for ~10 s at a concentration of 1 × 104 sperm mL−1 to ensure appropriate treatment conditions
when added to containers with eggs. There was no water movement in the beaker at this point to
minimize immotile sperm from artificially coming in contact with eggs. After 30 min, eggs were
rinsed three times in experimental FSW to remove excess sperm and resuspended in experimental
FSW. Gametes were pooled to reflect a population of spawners, as might occur in nature, and to
record the mean response of the system under investigation. Gamete concentrations used in this
study resulted in high fertilization rates (>95%) during procedural control experiments and none
of the eggs showed fertilization envelopes without the addition of sperm, demonstrating that there
was no contamination during the preparation and handling of gametes. After two hours, ~100 eggs
from each replicate were placed in a scintillation vial and 7% formalin was added to prevent further
development. Fertilization (presence of fertilization envelope, Figure 1a) and/or holoblastic radial
cleavage (cell division, Figure 1b) were assessed in the first 50 eggs seen across a gridded slide
viewed under a compound microscope at low power. Beakers containing the remaining embryos were
then resealed and maintained in experimental temperature, salinity, or pH conditions. After 24 h,
50 embryos were scored as either “gastrula” if they had developed archenteron, or “non-gastrula”,
where invagination had not occurred (Figure 1c). Five independent runs using different sets of gamete
sources were undertaken with full replication for each treatment. Mean values from three containers
within runs were used as replicates in each experiment (n = 5) and SD calculated. Temperature, salinity,
and temperature-compensated pH measurements of seawater in experimental beakers were monitored
using a HI 9828 multiparameter handheld probe (Hanna Instruments, RI, USA), with only minimal
fluctuation from set values (<0.1).
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Figure 1. Early life history processes or stages assessed in this study: (a) fertilization; (b) early cleavage;
and (c) gastrulation.

2.5. Statistical Analyses

Statistical comparisons of sperm speed between combinations of environmental treatment
(temperature, salinity, or pH) and water-soluble egg extracts was performed using a two-factor analysis
of variance (ANOVA) followed by post hoc pairwise comparisons using the “lsmeans” function in R
with Tukey’s adjustment [51]. No significant departures from normality and homogeneity of variance
were detected for all data. A generalized linear model (GLM) with binomial errors and logit link
function was used to analyse the effect of each environmental treatment and water-soluble egg extracts
(fixed categorical predictors) on the proportion of motile sperm. Significant overall tests were followed
by post hoc pairwise comparisons between different levels of temperature, salinity, or pH with
corrected p-values [52] using the “glht” function from the “multcomp” package in R [53]. Mean sperm
speed and motility for each male (n = 5) across 3 replicate dilutions (slides) were used in these analyses.

A generalized linear model (GLM) with binomial errors and logit link function was used to
analyse the effect of temperature, salinity, or pH (categorical predictors) on fertilization, cleavage,
or gastrulation rates (binomial response variables). Quasibinomial error distributions were used in
place of binomial errors to correct for overdispersion when detected [54]. This was followed by post
hoc multiple comparisons with corrected p-values [52] using the “glht” function from the “multcomp”
package in R [53]. Data from within treatments that had zero variance were excluded in the analyses.

3. Results

3.1. Temperature

Seawater temperature (F8, 72 = 85.96, p < 0.0001) and exposure to water-soluble egg extracts
(F1, 72 = 13.16, p = 0.0005) had a significant effect on sperm swimming speeds in CoTS (Table A1).
Sperm velocity was lowest at the minimum temperature tested, 20 ◦C (FSW: 100.75 μm·s−1 ± 9.48 SD,
here and in all instances hereafter; ESW: 127.05 ± 14.40 μm·s−1), and peaked at a temperature
range of 28 ◦C to 34 ◦C (FSW: >221 μm·s−1; ESW: >225 μm·s−1) before slightly dropping back to
219 ± 96 μm·s−1(FSW) and 228.01 ± 25.59 μm·s−1 (ESW) at 36 ◦C (Figure 2a). Sperm exposed to
water-soluble egg extracts had consistently faster swimming speeds compared to controls, but this
difference was most prominent between 20 ◦C and 26 ◦C where sperms swimming speeds were
relatively slow in controls (Figure 2a). We found a significant variation in sperm motility between
temperature treatment levels (χ2 = 1233.07, df = 8, p < 0.0001) and between control and water-soluble
egg extract treatments (χ2 = 31.34, df = 1, p = 0.0008). The proportion of motile sperm was steadily
increasing from a minimum of 8.80% ± 3.02% (FSW) and 21.47% ± 7.49% (ESW) at 20 ◦C then peaking
at >65% (FSW) and >70% (ESW) for temperatures between 28 ◦C and 34 ◦C (Figure 2b).
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Water temperature, ranging from 20 to 36 ◦C, had a significant effect on fertilization, cleavage and
gastrulation for A cf. solaris, whereby reproductive performance would be maximized at intermediate
temperatures (26–30 ◦C). For fertilization, there was significant variation across the full range of
temperatures tested (Table A1; χ2 = 1316.20, df = 8, p < 0.0001), mainly due to low fertilization
under low and high temperature extremes. Fertilization rates were >89% between 24 ◦C to 32 ◦C
(Figure 2c). For cleavage, there was significant variation with temperature (Table A1; χ2 = 521.09,
df = 7, p < 0.0001). Cleavage was >75% for 26 ◦C to 32 ◦C (Figure 2d), but greatly reduced at lower
and higher temperatures. Temperature also had a significant effect on gastrulation rates (Table A1;
χ2 = 822.66, df = 7, p < 0.0001). The proportion of embryos undergoing gastrulation was maximized
between 26 ◦C and 32 ◦C (Figure 2e).
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Figure 2. Thermal tolerance of sperm, fertilization, and embryonic development: (a) sperm
speed (points slightly displaced for clarity); (b) sperm motility; (c) fertilization; (d) cleavage;
and (e) gastrulation (n = 5). Letters next to error bar caps (± SD) indicate significant differences
based on post hoc pairwise comparisons with corrected p-values. FSW = 0.2-μm filtered seawater
(control); ESW = solution with water-soluble egg extract.

3.2. Salinity

Salinity (F7, 64 = 5.83, p < 0.0001) had a significant effect on sperm swimming speeds in CoTS
(Table A1). The disparity in sperm velocity between treatments exposed to water-soluble egg extracts
and controls was progressively wider from high to low salinity, but differences were not statistically
significant (F1, 64 = 2.93, p = 0.0918) (Figure 3a). Variation between salinity treatments was mainly
driven by differences between three groups: low sperm swimming speeds for treatments ranging from
20 to 22 psu, intermediate velocity at 24 and 26 psu, and significantly higher sperm velocity from 28 to
34 psu (Figure 3a). Sperm swimming speeds were relatively high across all treatments, with mean
sperm velocity all above 170 μm·s−1. Salinity (χ2 = 523.43, df = 7, p < 0.0001) also had a significant
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effect on sperm motility, but not water-soluble egg extracts (χ2 = 16.42, df = 1, p = 0.0682) (Table A1).
The proportion of motile sperm was above 40% for salinities ranging from 24 to 34 psu.

Salinity had a significant effect on overall fertilization rates (χ2 = 597.86, df = 7, p < 0.0001).
Fertilization envelopes did not form at salinities <20 psu in preliminary experiments, while
31.43% ± 13.89% and 36.67% ± 12.41% of eggs were fertilized in 20 psu and 22 psu treatments,
respectively. Highest fertilization rates were achieved at 30 psu (89.33% ± 8.29%), 32 psu
(97.60% ± 2.34%), and 34 psu (96.40% ± 3.35%). The proportion of embryos undergoing cleavage was
significantly different between salinity treatments (Table A1; χ2 = 369.59, df = 5, p < 0.0001). Fertilized
eggs did not cleave at 20 and 22 psu, while only 15.03% ± 8.76% cleaved under the 24-psu treatment.
Percentage of normal cleavage in CoTS was optimal (>85%) when exposed to salinities ranging from
30–34 psu. Cleavage rates at 26 psu (57.04% ± 14.64%) and 28 psu (65.80% ± 11.50%) treatments were
significantly lower than those under 30–34 psu (Figure 3d). There was also a significant variation in
the proportion of embryos undergoing gastrulation after 24 h between salinity treatments (Table A1;
χ2 = 504.40, df = 5, p < 0.0001). As with cleavage rates, no gastrulation occurred at 20 and 22 psu,
and the proportion of embryos at gastrula stage was significantly higher at salinities between 30 and
34 psu compared to 26 psu (56.80% ± 8.81%) and 28 psu (65.20% ± 10.07%) treatments, which were
also significantly higher than 24 psu treatment (8.80% ± 5.55%) (Figure 3e).

 

S
pe

rm
 S

pe
ed

 (
m

 s
-1
)

80

100

120

140

160

180

200

220

240

260

Salinity (psu)

20 22 24 26 28 30 32 34

S
pe

rm
 M

ot
ili

ty
 (%

)

0
10
20
30
40
50
60
70
80
90

100

(c)(a)

(d)

(e)

(b)

C
le

av
ag

e 
(%

)

0

20

40

60

80

100

a a

b
b,c b,c

c,d e d,e

a

b

c c

b

c

Salinity (psu)

20 22 24 26 28 30 32 34

G
as

tru
la

tio
n 

(%
)

0

20

40

60

80

100

a

b

c c

b

ca

b
b,c b,cc

a

cb,c

FSW

FSW
ESW

a a

a,b

a,b

b

b b b

ESW

Fe
rti

liz
at

io
n 

(%
)

0

20

40

60

80

100

Figure 3. Effect of salinity on sperm behavior, fertilization, and early development: (a) sperm speed
(points slightly displaced for clarity); (b) proportion of motile sperm, and proportion of eggs undergoing
(c) fertilization; (d) cleavage; and (e) gastrulation (n = 5). Letters above error bars (± SD) indicate
significant differences based on post hoc pairwise comparisons with corrected p-values. FSW = 0.2-μm
filtered seawater (control); ESW = solution with water-soluble egg extract.

3.3. pH

Mean sperm swimming speeds differed significantly (Table A1) between pH treatments
(F4, 40 = 28.57, p < 0.0001), but not between egg-derived extracts and controls (F1, 40 = 3.85,
p = 0.0568). For this experiment, sperm velocity was highest at pH 8.2 (FSW: 228.89 ± 17.89 μm·s−1;

68



Diversity 2017, 9, 10

ESW: 235.40 ± 15.44 μm·s−1) and pH 8.0 treatments (FSW: 224.23 ± 24.05 μm·s−1;
ESW: 222.23 ± 27.65 μm·s−1). Apart from pH 7.4 treatments, where sperm velocity was lowest
(FSW: 118.69 ± 31.73 μm·s−1; ESW: 147.52 ± 30.22 μm·s−1), sperm swimming speeds were relatively
high (>180 μm·s−1) for pH levels ranging from 7.6 to 8.2 (Figure 4a). We also found significant
variations in the proportion of motile sperm under different pH (χ2 = 669.24, df = 4, p < 0.0001) and
egg extract (χ2 = 38.11, df = 1, p = 0.0033) treatments (Table A1). The proportion of motile sperm was
consistently higher for treatments exposed to water-soluble egg extracts (Figure 4b). For sperm under
pH levels ranging from 7.6 to 8.2, motility was over 50%, while the proportion of motile sperm was
relatively low at pH 7.4 (FSW: 14.93% ± 6.74%; ESW: 29.87% ± 13.50%).
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Figure 4. Influence of pH on sperm behavior, fertilization, and early development: (a) sperm speed
(points slightly displaced for clarity); (b) proportion of motile sperm, and proportion of eggs undergoing
(c) fertilization; (d) cleavage, and (e) gastrulation. Letters above error bars (±SD) indicate significant
differences based on post hoc pairwise comparisons with corrected p-values. FSW = 0.2-μm filtered
seawater (control); ESW = solution with water-soluble egg extract.

Percentage of fertilization was high across all pH levels tested (Figure 4c), except for eggs in
pH 7.4 (46.09% ± 13.73%), which was significantly lower than fertilization success at pH 7.6 to pH 8.2
(>88%). The effect of low pH levels was more evident when looking at the frequency of normal
cleavage (Figure 4d) and gastrulation (Figure 4e). Cleavage (45.48% ± 13.17%) and gastrulation rate
(40.13% ± 10.75%) at pH 7.4 was lowest among all the pH levels tested. The range of pH levels for
optimum normal cleavage and gastrulation (>89%) was between pH 8.0 and pH 8.2. Proportion of
embryos undergoing cleavage and gastrulation was significantly higher at optimum pH levels (8.0–8.2)
compared to pH 7.6 and pH 7.8 (Table A1).

4. Discussion

This study shows that CoTS gametes, fertilization, and embryonic development are robust to a
wide range of environmental conditions. Notably, these early life-stages could tolerate temperature,
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salinity, and pH conditions well beyond those experienced by Acanthaster spp. across their normal
geographic range, even accounting for extreme anomalies in contemporary environmental conditions
and predicted climate change impacts that are likely to occur at the end of this century [48]. If general
to all populations, these findings have important implications for the reproductive success and
dispersal of CoTS. A common pattern observed in this study was that sperm motility, fertilization,
cleavage, and gastrulation were maximized at local summer temperature, salinity, and pH conditions,
which generally coincides with periods of peak reproduction for CoTS [3,55] (Figure 5). This suggests
that spawning in CoTS occurs at an optimal time when environmental conditions favor enhanced
fertilization and early development. Our results also show that chemoattractants (water-soluble egg
extracts) play some role in sperm activity across all environmental parameters tested.

 Temperature ( C)

20 22 24 26 28 30 32 34 36

G
as

tru
la

tio
n

50
60
70
80
90

100

Salinity (psu)

20 22 24 26 28 30 32 34

pH

7.4 7.6 7.8 8.0 8.2

C
le

av
ag

e

50
60
70
80
90

100

Fe
rti

liz
at

io
n

50
60
70
80
90

100

S
pe

rm

50
60
70
80
90

100

(a)

(b)

(c)

(d)

Figure 5. Environmental tipping points for: (a) sperm motility; (b) fertilization; (c) cleavage;
and (d) gastrulation. Arrows signify mean ambient levels during spawning. Curves are loess smoothers
fitted to dataset with proportions >50%; bold lines cover the range where: (a) proportion of motile
sperm; (b) fertilization; (c) cleavage; and (d) gastrulation rates were >50% (dark blue) or >80% (red).
Ellipses indicate that upper limits (above ambient) were not examined.

4.1. Temperature

Fertilization rates for CoTS were high (>80%) over a wide temperature range (24–32 ◦C), but
do appear to be adversely affected by even higher temperatures (34–36 ◦C), as shown for many
other tropical echinoderms [30]. Thermal enhancement of fertilization as a result of increased motility
and respiratory rates of spermatozoa, with concomitant decrease in ATP concentration, has been
previously demonstrated in other echinoderms [56]. Thermal robustness of fertilization may be also
due to the loading of protective maternal factors (e.g., heat shock proteins) during oogenesis [57,58].
This protection may be enhanced in species with large eggs—CoTS, for example, have larger eggs
compared to other planktotrophic tropical asteroids and maternal provisioning to the egg influences
early larval development [5]. Increased temperature and associated decrease in viscosity increases
fertilization success due to increased sperm swimming speeds [38]. This was evident for high
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fertilization rates achieved at temperatures above ambient levels (28 ◦C) and low fertilization at
lower temperature extremes (zero fertilization at 18 ◦C and below). However, reduced sperm activity
at 22 ◦C and 24 ◦C still resulted in relatively high fertilization rates, while heightened sperm activity at
34 ◦C and 36 ◦C did not correspond with significant reductions in fertilization rates. The limiting factor
appears to be the restriction placed on the viability of sperm subjected to temperature extremes [56].
At temperature extremes above normal, reduced fertilization was associated with increases in the
incidence of polyspermy and granular fertilization membranes that adhere to the egg [59]. Increased
sperm activity due to elevated temperature, as observed in this study, could also result in mechanical
damage to the sperm and incur metabolic costs and exhaustion of energy reserves [29]. Physiological
and viscosity-based aspects of high temperatures can influence sperm longevity, and hence fertilization
success, by directly affecting sperm velocity [38].

Temperatures that do not restrict fertilization may nonetheless be detrimental for embryonic
development [60]. Embryos of the temperate sea urchin, Strongylocentrotus purpuratus, subjected to
seawater 8 ◦C above ambient showed normal fertilization, but subsequently resulted in abnormal
cleavage [61]. This was also consistent with earlier work by Rupp [30] where fertilization rates
of CoTS decreased by 20% while cleavage fell by 60% at 34 ◦C. Similarly, more recent work by
Sparks et al. [62] showed that the proportion of cleaved embryos was significantly lower at 31 ◦C
compared to 27 ◦C and 29 ◦C treatments. Our study revealed that cleavage and gastrulation for
CoTS were maximized over a relatively narrow temperature range (26–32 ◦C) and closely reflects
the range of temperatures to which CoTS are likely to be exposed throughout their geographic
range [3]. Conversely, Habe et al. [63] showed that gastrulation was possible at a wider temperature
range (13–34 ◦C) than cleavage. This suggests that if post-gastrula embryos are swept into cooler
waters, normal development can proceed during transport and will have important implications
for long-range dispersal. However, the proportion of embryos that successfully cleave limits the
proportion of embryos undergoing gastrulation. In this study, embryonic development in CoTS ceased
at 20 ◦C and below, which was slightly higher than the lower thermal limit for embryonic development
reported for CoTS from the GBR, which was between 18 and 19 ◦C [33,64]. This might reflect the less
variable thermal environment of adult CoTS from Guam used in this study compared to CoTS from
the GBR [3]. Thermal acclimatization of adults, particularly during gametogenesis, has been found to
shift the thermotolerance of echinoderm embryos [33,65].

4.2. Salinity

Out of the three pervasive environmental stressors investigated in this study, response to salinity
is perhaps the least studied for CoTS. Here, we found that the lower salinity limit for successful
fertilization (>50%) in Acanthaster spp. was about 24 psu (Figure 5). No fertilization occurred after 2 h
at salinities below 20 psu. At 20 and 22 psu, less than 10% of eggs produced fertilization envelopes.
This range and lower salinity limit appears to be common in asteroids (24 to 32 psu in Asterias
amurensis [31]; 22 to 34 psu in Asterina pectinifera [66]), echinoids (26 to 36 psu in Echinocardium
cordatum [67]; 24 to 32 psu in Echinarachnius parma [47]), and holothuroids (24 to 32 psu in Eupentacta
fraudatrix [68]). Fertilization was highest at mean ambient salinity conditions experienced by adults in
their natural habitat throughout most of the year. Dinnel et al. [39] found that fertilization of gametes
of the sea urchin, Strongylocentrotus purpuratus, was best at the salinity at which the adults were held.
Contrary to these observations, Roller and Stickle [69] found no evidence of acclimation of echinoid
gametes when Lytechinus variegatus were exposed to different salinities prior to spawning.

Developmental failure at low salinity is often thought to reflect limited fertilization, possibly due
to substantial reductions in sperm motility. There is a paucity of work on the response of echinoderm
spermatozoa to salinity fluctuations and most examples come from research on sperm activity in
commercially valuable teleost fishes [44,70,71]. Sperm swimming speeds and sperm motility were
relatively high between 24 and 34 psu and decreased slightly at 20 and 22 psu, which partly mirrored
the range observed for fertilization. Minor improvements in sperm activation when exposed to
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water-soluble egg extracts were observed, but were not significant. The influence of egg extracts on
sperm velocity and motility was greater at lower salinities.

Although there was some fertilization at 20–22 psu, eggs failed to cleave at these salinities and
less than 20% cleaved at 24 psu. The failure of eggs to develop at low salinity largely reflects an
inability of fertilized eggs to complete meiosis and cleave, rather than simply an inability of eggs to
become fertilized at these low salinities. Salinity changes appear to have most detrimental effects for
ova, which are unable to control water flow in and out of the cell. Osmotic shock experiments on
the spermatozoa and ova of the echinoid, Parechinus angulosus, prior to fertilization under optimal
temperature and salinity conditions indicated that temperature gradients exerted a greater effect on
spermatozoa while low salinity was more deleterious to ova—at salinities below 15 psu, water was
imbibed by the ova, which swelled and lysed. Salinity tolerance of gastrulation mirrored that of
cleavage. Salinity levels as low as 10 psu have been observed to persist in nearshore and mid-shelf
waters in the GBR after flood events [72]. Since embryos were not as tolerant to low salinities as
previously expected [63], the timing of reduced salinity events would be critical in predicting the
population response.

4.3. pH

Our results show that fertilization in Acanthaster spp. was robust to reduced pH. Patterns of
fertilization success in relation to pH were coincident with relatively high sperm swimming speeds and
proportion of motile sperm down to 0.6 pH units below ambient (pH 8.2) and significant reductions
at pH 7.4 (Figure 5). In looking at the potential effects of near-future ocean acidification on CoTS
recruitment, Uthicke et al. [15] found that low pH reduced sperm motility and velocity, which resulted
in reduction of fertilization rates by 0.7% at pH 7.9 and 25% at pH 7.7 across a wide range of sperm
concentrations. It was not clear whether impaired sperm motility, resulting in reduced fertilization
at low pH, may be due to acidosis or the narcotic effect of hypercapnia on sperm [73]. For the sea
urchins Hemicentrotus pulcherrimus and Echinometra mathaei, seawater acidified by CO2 had a more
severe effect on fertilization compared to HCl-acidified seawater, suggesting that hypercapnia may be
more influential to fertilization. However, cross-factorial experiments showed no significant difference
in fertilization rates between different combinations of temperature and pH (7.6 to 8.1) treatments [74].
This is consistent with our findings wherein no significant differences in fertilizations rates were found
for pH ranging from 7.6 to 8.2. The mechanism of hypercapnic stress on sperm involves the control
intracellular pH; although these effects may be overcome through respiratory dilution effects when
sperm is released into the water column [75]. Coelomic fluid surrounding CoTS gonads has a mean pH
of 7.49 [15], which is relatively low, hence may be activated when seawater pH levels are above this.
This could explain the robustness of sperm motility and fertilization in CoTS even at relatively low
pH. In addition, our results also demonstrated that water-soluble compounds derived from eggs also
promoted sperm motility at low pH. Activation of nonmotile sperm by egg-derived compounds may
provide a mechanism by which the energy reserves of sperm can be conserved in the absence of eggs,
thereby maintaining sperm viability for extended periods [38,43]. This response has been reported for
many species of corals, molluscs, echinoderms and ascidians [49].

The pH tolerance range for cleavage and gastrula embryos coincided with that of fertilization,
albeit with slight reductions in frequency. Similarly, Kamya et al. [74] reported that pH had no
significant effect on gastrulation in CoTS. Marine invertebrates that do not calcify during early
developmental stages are generally robust to reduced pH [23,32]. Later stages (bipinnaria and
brachiolaria) in the life history of CoTS are more sensitive to reduced pH and have been shown
to suffer high rates of larval abnormality and mortality at low pH [15,74].

4.4. Interactive Effects and Implications for Subsequent Larval Development

Our results show that absolute sperm velocity (221–237 μm·s−1), at ambient temperature (28 ◦C),
salinity (34 psu), and pH (8.2) levels, was slightly higher compared to previous estimates on CoTS
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sperm swimming speeds (210 μm s−1 [15]). These values are generally higher compared to estimates
of sperm swimming speeds in other marine invertebrates, e.g., echinoids (Heliocidaris erythrogramma,
26–38 μm·s−1 [16,17]; L. variegatus, 153–275 μm·s−1 [76]), bivalves (Macoma calcarea, ~60 μm·s−1 [77];
Mytilus galloprovincialis, ~50 μm·s−1 [77]; Crassostrea gigas, 94 μm·s−1 [78]), and polychaetes
(G. caespitosa, 45–114 μm·s−1 [45,79]). High sperm velocity over a wide range of temperature, salinity,
and pH levels partly explains high fertilization rates of CoTS in the field [21]. However, there is a
possible trade-off between sperm velocity and sperm longevity, which also influences fertilization
success [76]. Sperm longevity was not quantified in this study, but previous studies have shown
that CoTS sperm can also remain competent for longer periods relative to other echinoderm species,
resulting in relatively higher fertilization rates at greater distances [22].

The response of gametes and early life history stages to multiple environmental stressors may
have significant flow-on effects on the survival and development of subsequent larval stages, and thus,
on successful recruitment. In the GBR, spawning of CoTS have usually coincided with peak summer
temperatures, as well as high precipitation. Although fertilization and embryonic development may
be robust to high temperatures (up to 34 ◦C), survival may be low when salinities drop (below 25 psu)
during heavy rainfall events that result in high freshwater discharge from rivers. Disregarding the
influence of other variables (i.e., predation, dispersal), the proportion of embryos progressing to
subsequent larval stages will be substantially reduced. Tolerance of CoTS larvae has also been shown
to be stage-specific and may constrain successful recruitment further [7]. Bipinnaria larvae of CoTS
can to tolerate temperatures between 14.5 and 32 ◦C for up to 48 h, while the brachiolaria stage is more
sensitive to temperature variation [63]. In terms of tolerance to salinity, bipinnaria larvae can tolerate
abrupt salinity changes down to 21 psu [63,80], while brachiolaria larvae rupture even with a decrease
in salinity of 2 psu [81]. High flow events have also been associated with elevated nutrient levels and
phytoplankton densities, which have been shown to improve larval survival and development [12,82],
even more so when modulated by increased temperatures up to 30 ◦C [83].

Here we showed that CO2-acidified seawater (down to pH 7.6) did not have a significant effect
on fertilization and early embryonic development. The detrimental effects of ocean acidification have
been shown to be more apparent in subsequent larval stages. Uthicke et al. [15] found that normal
development and settlement in CoTS larvae kept at pH 7.6 was significantly reduced compared to
pH 8.1 treatments. Low pH (7.6) coupled with elevated temperatures (30 ◦C) also had an additive
negative effect on larval size and development [74]. However, the positive effects of increased
temperature on larval growth [83] may ameliorate the detrimental effects of low pH.

5. Conclusions

Taken together, our results show that CoTS gametes, fertilization, and embryonic development are
robust to a wide range of temperature, salinity, and pH levels, well beyond environmental conditions
found within the current geographical distribution of Acanthaster spp. Majority of sperm are motile
at temperatures between 24 and 36 ◦C, salinities between 24 and 34 psu, and pH between 7.6 and
8.2. Over 50% of eggs are fertilized at wide range of temperature (22–34), salinity (24–34), and
pH (7.6–8.2) levels. The robustness of fertilization to these pervasive environmental stressors may
be attributed to the molecular predisposition of CoTS sperm [84], which possesses an enhanced
capacity for high fertilization rates, compared to other echinoderms [22]. Compared to fertilization,
tolerance range for cleavage was mostly narrower for temperature (26–32 ◦C), salinity (26–34 psu),
and pH (7.6–8.2). Gastrulation under salinity and pH levels tested coincided with cleavage rates,
while thermotolerance range for gastrulation was slightly wider than cleavage (24–32 ◦C). In general,
the effects of temperature and pH on fertilization and early development mostly corresponded with
the sensitivity of sperm to these stressors, while response to salinity was largely due to detrimental
effects on osmotic balance in eggs. Water-soluble compounds associated with eggs also enhanced
sperm activity, particularly in environmental conditions where sperm motility was initially limited.
Although the response to multiple environmental stressors was tested in this study, these pervasive
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environmental parameters impact marine organisms simultaneously. Future work should include
cross-factorial studies to tease out additive, antagonistic, and synergistic interactions between these
factors [24]. The tolerance of the earliest stages of development to a wide range of environmental
stressors suggests that later ontogenic stages (larvae, juveniles, adults) may be more vulnerable to
small fluctuations in environmental conditions.
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Appendix A

Table A1. Results of statistical analyses on the effects of temperature, salinity, and pH on sperm
behavior, fertilization, and early development.

Source DF Statistic (F, χ2) p

Temperature

Sperm Speed 1

temperature 8 85.96 <0.0001
egg extract 1 13.16 0.0005
temperature × egg extract 8 0.76 0.6353

Sperm Motility 2

temperature 8 1233.07 <0.0001
egg extract 1 31.34 0.0008
temperature × egg extract 8 32.79 0.1612

Fertilization 2 8 1316.20 <0.0001

Cleavage 2 7 521.09 <0.0001

Gastrulation 2 7 632.82 <0.0001

Salinity

Sperm Speed 1

salinity 7 5.83 <0.0001
egg extract 1 2.93 0.0918
salinity × egg extract 7 0.31 0.9449

Sperm Motility 2

salinity 7 525.43 <0.0001
egg extract 1 16.42 0.0682
salinity × egg extract 7 9.62 0.9626

Fertilization 2 7 597.86 < 0.0001

Cleavage 2 5 369.59 < 0.0001

Gastrulation 2 5 504.40 < 0.0001

pH

Sperm Speed 1

pH 4 28.57 <0.0001
egg extract 1 3.85 0.0568
pH × egg extract 4 0.74 0.5706

Sperm Motility 2

pH 4 669.24 <0.0001
egg extract 1 38.11 0.0033
pH × egg extract 4 18.05 0.3943

Fertilization 2 4 234.28 <0.0001

Cleavage 2 4 95.37 <0.0001

Gastrulation 2 4 213.24 <0.0001

1 Two-way Analysis of Variance (ANOVA): F value. 2 Analysis of Deviance for generalized linear models (GLM):
χ2 value.
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Abstract: Previous studies have suggested that Crown-of-Thorns starfish (COTS) larvae may be able
to survive in the absence of abundant phytoplankton resources suggesting that they may be able to
utilize alternative food sources. Here, we tested the hypothesis that COTS larvae are able to feed on
coral-derived organic matter using labeled stable isotope tracers (13C and 15N). Our results show
that coral-derived organic matter (coral mucus and associated microorganisms) can be assimilated
by COTS larvae and may be an important alternative or additional food resource for COTS larvae
through periods of low phytoplankton biomass. This additional food resource could potentially
facilitate COTS outbreaks by reducing resource limitation.

Keywords: Acanthaster; COTS; coral reefs; coral mucus; food limitation; isotope analysis; Japan

1. Introduction

Outbreaks of Crown-of-Thorns starfish (COTS), Acanthaster spp., can have devastating effects
on coral reefs throughout the Pacific and Indian Oceans [1,2]. Determining the causes and spatial
variability of COTS outbreaks has proven to be a major challenge for coral reef managers [2,3]. Efforts to
determine the causes of COTS outbreaks on the Great Barrier Reef have identified anthropogenic
eutrophication as an important correlate [3–6]. The increased phytoplankton concentrations that result
from high inorganic nutrient concentrations in the water are thought to promote abnormally high
survival rates of COTS larvae by acting as an important food resource [4–6]. However, most coral
reefs are often considered oligotrophic systems with low phytoplankton biomass, which may help
keep COTS populations stable in unperturbed conditions [4]. Maximal survival of COTS larvae
has been directly linked to specific concentrations of food resources [6–9]. In the studies using
natural phytoplankton assemblages as food sources, COTS larvae have been found to benefit from
increasing food availability from 0.25 to 0.8 μg chl-a L−1, with the highest growth rates observed
at concentrations of >0.8 μg chl-a L−1 and resource limited mortality occurring below 0.25 μg chl-a
L−1 [6,8]. Furthermore, Wolfe et al. [7] recently reported using a single microalgae species that
phytoplankton levels of 1 μg chl-a L−1 were optimal for COTS larval development success.

On many coral reefs, typical concentrations of chl-a are approximately 0.2–0.6 μg chl-a L−1

(Table 1), which may be limiting to the survival of COTS larvae [6,8]. In Okinawa, chl-a concentrations
often fall below 0.25 μg chl-a L−1, the critical concentration for COTS larval survival [10–14].
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However, local abundance of COTS suggests their larvae may be able to survive under low chl-a
conditions, possibly by utilizing additional food sources [15,16]. Recent studies have reported that
naturally-occurring COTS larvae were in the advanced developmental stages in the vicinity of
coral communities [17–19], suggesting the utilization of organic matter derived from coral reefs
by COTS larvae.

Table 1. Chlorophyll-a (Chl-a) concentrations in various coral reef waters. Some values were visually
interpreted from figures. The values in parenthesis are the mean of several data in the study. GBR,
Great Barrier Reef.

Site Chl-a (μg·L−1) Reference

Miyako Island (Okinawa, Japan) 0.10–0.15 [10]
Miyako Island (Okinawa, Japan) 0.1–0.4 [11]
Sesoko Island (Okinawa, Japan) 0.11–0.77 (0.45) [12]

West coast of Okinawa Island (Japan) <0.05–1.79 (0.17) [13]
Ishigaki Island (Okinawa, Japan) 0.09–0.55 [14]

Princess Charlotte Bay (GBR, Australia) 0.06–0.28 (0.16) [20]
Princess Charlotte Bay (GBR, Australia) 0.40 [21]
Cairns-Innisfail sector (GBR, Australia) 0.03–0.64 (0.25) [20]

Wet Tropics (GBR, Australia) 0.70 [21]
Central GBR (Australia) 0.19–0.72 (0.38) [22]

Whitsunday Islands (GBR, Australia) 0.31–1.21 (0.79) [23]
Uvea Atoll (New Caledonia) 0.23 [24]

The Southwest lagoon (New Caledonia) 0.25–2.14 (0.60) [25]
Maître Island (New Caledonia) 0.26–0.42 (0.30) [26]

Tikehau Atoll (Tuamotu, French Polynesia) 0.17 [27]
Takapoto Atoll (Tuamotu, French Polynesia) 0.23 [27]
Takapoto Atoll (Tuamotu, French Polynesia) 0.21–0.23 (0.22) [28]

Fakarava/Rangiroa Atolls (French Polynesia) 0.008–0.25 [29]
Ahe Atoll (French Polynesia) 0.08–0.85 (0.34) [30]

Tioman Island (Malaysia) 0.20–0.24 (0.22) [31]
Bidong Island (Malaysia) 0.28–0.30 (0.29) [32]

Scleractinian corals release a large amount of organic matter in the form of mucus [33] as a result
of basic metabolic activities and as a protective mechanism against various stresses [34]. Coral mucus
particles contain carbohydrates, proteins, lipids, and numerous microorganisms [33,35]. When coral
mucus particles become suspended in the water column it aggregates various organic particles (such as
microbes and phytoplankton) and becomes more enriched in organic matter over time [33,36,37].
These coral mucus aggregates are considered to be one of the major contributors to the origin of
particulate organic matter (POM) in reef waters [36,38]. These mucus aggregates have also been
reported as an important food source for various reef animals, such as fish, zooplankton, and several
benthic taxa, such as coral crabs and brittle stars [39]. Experimental evidence has shown that
copepods and mysids, two common zooplankton taxa, directly utilize coral mucus aggregates as
a food resource [40,41]. The release of mucus by corals increases with increasing ambient light and
water temperature [42] as it originates from by-products of the photosynthesis of zooxanthellae [43].
Thus, mucus production is likely to be maximized in summer (July–August in Okinawa) which
corresponds with the peak spawning of COTS (July in Okinawa). Coral mucus could, therefore, be an
important food source for COTS larvae that develop on or near coral reefs during periods of low
phytoplankton biomass.

Here, we examined whether COTS larvae are able to feed on coral-derived organic matter.
Since understanding the key food sources of COTS larvae is critical for determining future recruitment
of adults [7], it is important to investigate all possible food sources in the natural environment. If COTS
larvae feed on organic matter released by corals, this would represent an additional food source not
previously considered. This additional food resource may enhance the survival of COTS larvae and
subsequent recruitment of adults in areas that are naturally low in phytoplankton abundance and/or
during times of reduced phytoplankton biomass.
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2. Materials and Methods

2.1. Collection of COTS Larvae

Adult COTS (ca. 25 cm diameter) were collected on shallow reefs around Onna Village
(N26.508496; E127.854283), Okinawa, Japan, in June 2015. Individuals were immediately transferred
to the flow-through indoor aquaria at the Sesoko Station, Tropical Biosphere Research Center
(University of the Ryukyus). We refer to the individuals from the Pacific Ocean clade COTS used in
this study as Acanthaster cf. solaris [44,45].

COTS larvae were obtained using the method of Birkeland and Lucas [1]. Several mL of
1-methyladenine solution (1 × 10−3 M) were added to a crystallization dish with mature ovary lobes
from the collected adults to release the oocytes. The oocytes released were pipetted into a separate
glass dish filled with filtered seawater. Two drops of dense spermatozoa suspension were then added
and gently stirred to fertilize oocytes. Fertilized oocytes were repeatedly rinsed with filtered seawater
and introduced into a 9 L cylindrical plastic container with filtered seawater. After approximately 24 h,
actively swimming gastrula larvae were transferred to another container where they were reared in
filtered seawater at 28 ◦C with enriched phytoplankton using Dunaliella tertiolecta at a cell density of
500 cells mL−1 (= 0.9–1.0 μg chl-a L−1), until they reached the advanced bipinnaria stage. The algae
D. tertiolecta (NRIA-0109) was provided by GeneBank of the Japan Fisheries Research and Education
Agency (Yokohama, Japan). Daily seawater changes were carried out by gentle reverse filtration using
a 60 μm mesh screen.

2.2. Collection of Coral Mucus

Colonies of the branching corals, Acropora muricata and A. intermedia were collected from the reefs
of Sesoko Island, and raised in the outdoor aquaria facility at the Sesoko Station for more than a year.
Two weeks before the experiment, the coral colonies were transferred to a 30 L flow-through outdoor
aquarium tank. Fresh seawater was directly pumped from the reef to the aquaria at the flow rate
of 2.5 L·min−1.

The corals were labeled with enriched concentrations of stable carbon and nitrogen isotopes by
incubating corals in isotopically-enriched seawater following the methods of Naumann et al. [46].
The water inflow was stopped at 1000 h, and the aquarium was treated with NaH13CO3 and Na15NO3

(Cambridge Isotope Laboratories, MA, USA, 98 atom %) to a final concentration of 20 mg·L−1 and
1 mg·L−1, respectively. After a 5 h (at 1500 h) incubation, the flow-through seawater was resumed.
The tank was aerated with a powerful air-pump for sufficient seawater agitation during each of the
incubation periods. The labeling procedure was repeated for three days. On the final incubation day,
labeled mucus was collected at 1600 h, one hour after the incubation period. To collect the mucus,
corals were removed from the tank and washed with unlabeled filtered seawater [46]. The corals were
then exposed to air and hung in direct sunlight to trigger mucus production [33]. The released mucus
was collected in sterilized 50 mL Corning tubes. The collection of the labeled mucus was conducted
twice, on July 18 and 25. The mucus was used immediately after each collection for the following
feeding experiments. Triplicate subsamples of the labeled mucus from each collection period were
placed in pre-weighed tin capsules and dried for 24 h at 60 ◦C, then stored in a desiccator until isotopic
analysis was performed.

2.3. Feeding Experiments

Feeding experiments were conducted following each of the mucus collections using bipinnaria
larvae. During the first feeding experiment, five-day-old (fertilized on 13 July) and 14-day-old
(fertilized on 4 July) larvae were used (Experiment 1). For the second feeding experiment only
five-day-old larvae (fertilized on 20 July) were used (Experiment 2). Prior to the experiments,
actively-swimming larvae were gently siphoned out, concentrated, and rinsed thoroughly with GF/F
(Whatman, NJ, USA) filtered seawater. These larvae were kept in GF/F filtered seawater for 24 h to
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empty their guts. Feeding incubations were conducted using 12 polycarbonate bottles filled with 1 L
of GF/F filtered seawater. In Experiment 1, six bottles were used for five-day-old larvae and the other
six for 14-day-old larvae. In each set of six bottles, three bottles treated with 2 mL of labeled mucus
and the other three bottles were used as controls (without mucus). The feeding experiments contained
approximately 300 starved larvae in each bottle. All bottles were incubated in the laboratory for 24 h
keeping the water temperature at 28 ◦C. The bottles were rotated on a plankton wheel (Model II,
Wheaton Instruments, NJ, USA) during the incubation to keep larvae and coral mucus particles in
suspension. In Experiment 2, five-day-old larvae were introduced to all 12 bottles (300 individuals
per bottle) and filled with 1 L of GF/F filtered seawater. Of these 12 bottles, six were used for the
feeding treatment (with mucus) and the other six were used for the control treatment (without mucus).
This second incubation was conducted for 48 h, and three bottles were collected from each treatment
at 24 and 48 h.

After the incubations, the COTS larvae were collected on a 60 μm mesh screen and washed with
unlabeled Milli-Q water (Whatman, NJ, USA) 10 times to remove remaining labeled external mucus
material. The larvae were then transferred into 15 mL Corning tube full of Milli-Q water. These tubes
were refrigerated until the larvae settled to the bottom. The settled larvae were gently pipetted out
(this procedure allowed for the collection of all larvae within a sample in a small volume of water),
then placed into a tin capsule, dried (40 ◦C, 24 h), and stored in a desiccator until isotopic analysis
was performed. Due to low biomass, COTS larvae collected from triplicate bottles for each feeding
treatment were pooled to ensure a good signal. Therefore, only four samples for each feeding treatment
were analyzed. Samples were not acidified with HCl to remove possible inorganic carbon because the
acid could have damaged the larvae and altered their isotopic signature.

2.4. Analysis

Carbon- and nitrogen-stable isotope ratios of the larvae were determined by elemental
analysis/isotope ratio mass spectrometry (EA/IRMS) using a Flash EA1112-DELTA V PLUS ConFlo III
System (Thermo Fisher Scientific, MA, USA) at SI Science Co., Ltd. (Saitama, Japan). The carbon and
nitrogen isotopic ratios are expressed in δ notation (Vienna-PeeDee Belemnite limestone for carbon
and atmospheric nitrogen for nitrogen) as the deviation from standards in parts per mill (�) using
the following equation: δX (�) = [(Rsample/Rstandard) − 1] × 1000, where X is 13C or 15N and R is the
ratio of 13C/12C or 15N/14N. The analytical error was less than ± 0.13� for carbon and ± 0.61� for
nitrogen. Significant differences (at the p < 0.05 level) of δ13C and δ15N values between control and
mucus were determined using Student’s t-test.

3. Results and Discussion

The average value (± SE) of δ13C and δ15N of labeled coral mucus was 358.5� ± 92.7� and
1683.4 ± 112.1� for the first experiment and 707.4� ± 31.2� and 1983.8� ± 111.1� for the second
experiment, respectively (Table 2). The δ13C and δ15N ratios of the labeled mucus showed higher values
in the second experiment, likely because of label accumulation in coral tissue and/or the biological
community in the mucous on the coral surface (e.g., bacteria and zooxanthellae) [46]. We measured
the δ13C and δ15N values of raw coral mucus, which could contain bacteria and zooxanthellae.
Therefore, we are not able to offer direct evidence of mucus labeling via coral tissue but rather the
labeling of the aggregation of organic matter within the mucus particles. However, Naumann et al. [46]
measured the δ15N of coral mucus that was filtered through 0.2 μm filter to remove microorganisms,
and showed coral mucus had been labeled successfully. Considering the δ15N value in our labeled raw
coral mucus (1.68�–1.98�) are similar to values reported in other studies ([46] ca. 2.00�), we consider
that the coral mucus in our experiment was successfully labeled.
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Table 2. δ13C and δ15N signatures of labeled mucus released by Acropora corals. C/N ratios were
determined as %C/%N of the samples. Bold values indicate mean (± SE) of triplicate measurements.

Collection Day (mm/dd/yy) δ13C (�) δ15N (�) C/N

07/18/2015 288.9 1562.5 6.7
463.7 1783.9 7.7
322.9 1703.7 7.2

358.5 ± 53.5 1683.4 ± 64.7
07/24/2015 690.6 2091.3 7.8

688.1 1869.4 7.2
743.3 1990.6 7.3

707.4 ± 18.0 1983.8 ± 64.1

After both the 24 and 48 h incubations, the COTS larvae in the mucus addition treatments
exhibited highly-enriched δ13C and δ15N values compared to those in control treatments (Figure 1).
The average value of δ13C (40.7� ± 34.9�) and δ15N (133.4� ± 55.9�) of larvae in the mucus
treatments (n = 4) was significantly (P = 0.017 for δ13C and 0.0040 for δ15N) higher than those in
controls (δ13C, −16.8� ± 0.3�; δ15N, 7.1� ± 0.2�, n = 4) (Figure 1). Since δ13C and δ15N of the
labeled mucus in the second experiment showed higher values, the following δ13C and δ15N values
of COTS larvae also showed higher values compared to those in the first experiment. These results
indicate that δ13C- and δ15N-labeled mucus are transferred into COTS larvae, providing further
evidence for the potential use of organic matter derived from corals as a food source.

Figure 1. δ13C and δ15N signatures of COTS larvae after 24 h or 48 h of incubation with δ13C- and
δ15N-labeled coral mucus and under control conditions. Closed and opened circles indicate fed larvae
(with mucus) and unfed larvae (without mucus), respectively. Dates indicate the day of fertilization.
Each plot comes from a single analysis.
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This is the first study to show that COTS larvae can take up organic matter derived from corals.
However, the raw coral mucus we provided to the COTS larvae may contain zooxanthellae and other
microorganisms as mentioned above. Therefore, whether COTS larvae fed on whole coral mucus
aggregates or selectively fed on the associated microorganisms remains unclear. Regardless, it is
evident that the COTS larvae, in our feeding experiments, assimilated organic matter derived from
corals, either directly (i.e., pure mucus), or indirectly via the associated microorganisms in/on the coral
mucus aggregates (i.e., bacteria and zooxanthellae). It is also unclear whether COTS larvae fed on the
particulate and/or dissolved fraction of the coral mucus, as we did not size-fractionate the coral mucus.
Previous reports have shown that COTS larvae can utilize both POM and dissolved organic matter
(DOM) [8,47,48]. Naumann et al. [46] also reported that coral associated epizoic acoelomorph Wamioa
worms utilized both the particulate and dissolved fraction of mucus released by corals. Thus, it is
possible that COTS larvae are capable of feeding on both POM (mucus particles) and DOM released
by corals.

Previous studies that have observed high survival rates of COTS larvae even when exposed to
low concentrations of phytoplankton, suggesting that they may utilize other food sources (e.g., [8,9]).
For COTS larvae in near-reef waters, organic matter derived from corals may provide an important and
previously underappreciated source of nutrition. Peak spawning for COTS tends to occur in summer
(July in Japan). During this period, elevated water temperature and light intensity may also cause
higher organic matter release by corals [42]. In Okinawa, numerous advanced COTS brachiolaria larvae
were found near coral communities [19] and it appears that some populations of COTS larvae are
retained in near-shore waters due to prevailing along-shore currents in the archipelago in summer [17].
If COTS larvae are entrained near-shore they are more likely to encounter coral-derived organic matter.
When the reef water residence time is short and the net transport of water is offshore, some fraction of
coral mucus may be physically transported offshore before this material settles or is consumed within
the reef environment [39,49]. Thus, coral-derived organic matter may also provide an important food
source to COTS larvae in pelagic habitats adjacent to coral reefs. Consequently, coral mucus and its
aggregates may provide one of the energy pathways for the conversion of coral primary production to
COTS larvae.

Coral-derived organic matter may be a particularly important resource for COTS larval under
oligotrophic conditions typical of many coral reefs where nutrients and phytoplankton biomass are low.
While phytoplankton can be ephemerally high in areas with internal tidal influence or with episodic
upwelling events, coral-derived organic matter may be a more consistent source of nutrition to COTS
larvae on most reefs. Further, these larvae may be able to extend their planktonic durations during
times of low phytoplankton biomass using endogenous nutrients, or by increasing their capacity for
food capture by extending ciliary bands [50]. Although it is not likely that coral mucus, alone, is a
direct causal factor of COTS outbreaks, it does seem likely that coral-derived organic matter could be
an important food source, especially during periods of low phytoplankton levels. In sum, while more
data are needed to understand the quantitative importance of coral-derived organic matter to COTS
population dynamics, our results suggest that the feeding ecology of this species is more complex
than previously thought. Given the nutritional quality of coral mucus and associated material, it is
not surprising that COTS larvae, as well as many other species, take advantage of this resource in an
ecosystem where nutrients are often limiting.
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Abstract: Outbreaks of crown-of-thorns starfish are often attributed to step-changes
in larval survivorship following anomalous increases in nutrients and food availability.
However, larval growth and development is also influenced by the nutritional condition of spawning
females, such that maternal provisioning may offset limitations imposed by limited access to
exogenous sources of nutrients during the formative stages of larval development. This study
examined the individual, additive, and interactive effects of endogenous (maternal diet:
Acropora, Porites, mixed, and starved) and exogenous (larval diet: high concentration at 104 cells·mL−1,
low concentration at 103 algal cells·mL−1, and starved) nutrition on the survival, growth, morphology,
and development of larvae of the crown-of-thorns starfish. Female starfish on Acropora and mixed
diet produced bigger oocytes compared to Porites-fed and starved treatments. Using oocyte size
as a proxy for maternal provisioning, endogenous reserves in the oocyte had a strong influence
on initial larval survival and development. This suggests that maternal reserves can delay the
onset of obligate exogenous food acquisition and allow larvae to endure prolonged periods of poor
environmental nutritive conditions or starvation. The influence of exogenous nutrition became more
prominent in later stages, whereby none of the starved larvae reached the mid-to-late brachiolaria
stage 16 days after the onset of the ability to feed. There was no significant difference in the
survival, development, and competency of larvae between high and low food treatments. Under low
algal food conditions, larvae compensate by increasing the length of ciliated feeding bands in
relation to the maximum length and width, which improve food capture and feeding efficiency.
However, the effects of endogenous nutrition persisted in the later developmental stages, as larvae
from starved females were unable to develop larger feeding structures in response to food-limiting
conditions. Phenotypic plasticity influenced by endogenous provisions and in response to exogenous
food availability may be an important strategy in boosting the reproductive success of crown-of-thorns
starfish, leading to population outbreaks.

Keywords: Acanthaster outbreak; maternal provisioning; larval nutrition; larval development;
phenotypic plasticity

1. Introduction

Marked and acute increases in the local abundance of the coral-eating crown-of-thorns starfish
(CoTS), Acanthaster planci s. l., often termed “outbreaks”, contribute significantly to global declines in
coral cover [1–3] and are a central focus of ongoing research and management to secure the future of coral

Diversity 2017, 9, 15 88 www.mdpi.com/journal/diversity



Diversity 2017, 9, 15

reef ecosystems [4,5]. Effective long-term management of CoTS outbreaks is fundamentally dependent
upon identifying the ultimate cause(s) of changes in key demographic properties that potentially
differentiate outbreak and non-outbreak populations [6]. However, given the exceptional fecundity and
reproductive potential of CoTS [7], it has been suggested that very subtle changes in recruitment rates
could be sufficient to initiate outbreaks [8], especially if primary outbreaks represent the accumulation
of individuals over several successive recruitment events (e.g., [9]). Conversely, step-changes in
developmental rates and survivorship of CoTS larvae have been reported across relatively moderate
gradients in chlorophyll concentrations, such that periodic influxes or concentrations of nutrients
(e.g., during major flood events [10,11], upwelling [12], or from oceanographic features such as
chlorophyll fronts [13]) may be an important precursor to CoTS outbreaks [14–16].

For planktotrophic larvae, the energy required for survival, growth, and development can be derived
from two sources: parental investment in the oocyte and nutrient acquisition by pelagic larvae from the
external environment [17–19]. There is a clear dissociation between the adult and larval nutritional
environments of CoTS and the factors influencing the abundance of adult food (coral) and larval
food (microalgae) may be quite different. The importance of exogenous food, acquired through the
filter feeding activity of larvae, to complete development is well established for CoTS [14–16,20–22].
The “larval-starvation hypothesis” is predicated on the notion that normally low levels of nutrients in
near-reef environments would generally constrain growth and development of CoTS larvae and the
release from starvation during periods of nutrient-induced phytoplankton blooms significantly enhances
larval survival and recruitment success leading to population outbreaks [20,23]. Fabricius et al. [14]
reported dramatic increases in survival and competency of CoTS larvae with every doubling of
chlorophyll concentration (a proxy for phytoplankton abundance) above 0.25 μg·L−1. In addition,
Uthicke et al. [22] also demonstrated that algal food concentration has a strong influence on larval
development, with temperature as a modulator. Apart from exogenous food availability, the condition of
CoTS larvae (at least during early larval stages) will also be partly influenced by the nutritional condition
of females during spawning, whereby well-fed females produce larger and faster developing larvae [24].
The question is whether the effects of maternal provisioning are sufficient to offset potential limitations
on larval growth and survivorship when larvae are exposed to low levels of food in the environment?

The nutritional condition, and therefore fitness, of adult CoTS is clearly dependent on availability
of coral prey [25], and may also vary with differences in the local availability of different types
of corals [24]. It is well known that adult CoTS have very specific prey preferences, generally
feeding on Acropora and Montipora corals to the exclusion of all other coral genera when available [3].
Although CoTS will eat virtually all scleractinian corals and can cause comprehensive depletion of
corals during severe population outbreaks, there is often serial depletion of different coral genera
(e.g., [26]), whereby less preferred coral prey are generally consumed only after other more preferred
corals are locally depleted. While it is yet to be effectively shown, strong feeding preferences by CoTS
likely reflect the variation in the nutritional content and/or food value of different coral prey [27].
If so, it can be inferred that the nutritional condition of CoTS would be maximized when feeding on
generally preferred corals such Acropora, while condition is likely to decline after preferred coral prey
have been locally depleted, such that feeding is restricted to less preferred corals (e.g., Porites). In Guam,
Caballes et al. [24] showed that CoTS maintained for 8-weeks on a diet of Acropora abrotanoides gained
weight and produced bigger oocytes, compared to conspecifics that were maintained on a diet of
Porites rus or starved. Moreover, differences in the diet and nutritional condition of females had a
significant bearing on the quality and quantity of their progeny [24].

Tropical reef waters are typically oligotrophic in the absence of flood or upwelling events [20,28].
Under conditions of scarce exogenous food, echinoid larvae have been known to respond through
adaptive changes in shape and by increasing the size of feeding structures to improve the efficiency
of food capture [29]. For example, pluteus larvae of sea urchins use ciliated bands on feeding arm
rods to capture food, hence developing longer arm rods can improve clearance rates of particulate
food [30]. For asteroid larvae, arms do not elongate until the later stages; in lieu of this, asteroids modify
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larval shape to maintain high clearance rates at food-limiting conditions. Bipinnaria larvae of the
sand starfish, Luidia foliolata, maintained at high food concentration had pointed anterodorsal and
posterodorsal arms, whereas larvae at low food levels had rounded arms, which was associated with
high clearance rates [31]. Wolfe et al. [32] documented phenotypic plasticity in 7-day old CoTS larvae
in response to a range of algal food concentrations. However, the effect of adult diet and corresponding
maternal investment on how larvae respond to variable conditions of exogenous food availability
is unknown. This has important implications in understanding how CoTS larvae thrive even in
oligotrophic conditions.

The purpose of this study was to evaluate the individual, additive, and interactive effects of
endogenous (“Maternal”) and exogenous (“Larval”) nutrition on larval vitality and morphology.
Previous studies [24] have shown that there are significant maternal effects on the quality of CoTS
larvae, but it is unknown whether significant levels of endogenous nutrients could offset potential
limitations associated with low availability of planktonic food (e.g., [20]). Maternal nutrition could
affect larval planktonic duration by affecting larval growth rates, but effects of exogenous food
(phytoplankton) could overwhelm maternal effects [18]. This study aims to determine whether the
effects of maternal provisioning disappears though compensation or persists throughout development
under different conditions of food availability for larvae. The gonad index and size of oocytes from
females fed with Acropora, mixed diet (Acropora, Pocillopora, Porites), Porites, and starved females were
compared as a proxy for maternal provisioning and oocyte quality. The effects of endogenous and
exogenous nutrition on (1) absolute survival; (2) development and competency; and (3) growth and
morphology of larvae were specifically addressed in this paper.

2. Materials and Methods

2.1. Collection and Maintenance of Specimens

Adult individuals of the Pacific crown-of-thorns starfish (Acanthaster cf. solaris) were collected on
26 October 2015 from Eyrie Reef (14.705660◦ S, 145.379154◦ E), located 8 km west of Lizard Island in the
northern Great Barrier Reef (GBR), Australia. Starfish were transported to the Lizard Island Research
Station and placed in 1000-L oval tanks with continuous flow of fresh seawater (27.15 ± 0.97 ◦C;
35.46 ± 0.07 psu; pH 8.17 ± 0.01). Sex was determined by examining contents drawn from gonads
along the arm junction using a syringe with a large-bore biopsy needle [33]. Twelve female starfish
were allowed to acclimatize to ambient aquarium conditions for three days, without food prior to being
assigned to one of four different feeding treatments (described below). A fresh batch of male starfish
was collected from Eyrie Reef on 29 November 2015 and gravid males were placed in 1000-L oval
tanks with flow-through seawater and maintained on a mix of Acropora intermedia, Porites cylindrica,
and Pocillopora damicornis corals for three days. Coral fragments used for experimental feeding
treatments were collected from within the Lizard Island lagoon (14.697030◦ S, 145.451410◦ E) and
allowed to acclimatize in plastic aquaria for 24 h (GBRMPA Permit No. G15/38002.1). Coral infauna
(e.g., Trapezia crabs) were physically removed from all coral fragments so as not to deter feeding by
CoTS [34].

2.2. Maternal Feeding Treatments

Twelve intact female starfish of approximately similar size (diameter = 338 ± 8 mm;
wet weight = 1633 ± 91 g) were randomly split into four groups and each group of three starfish
placed in 300-L plastic aquaria with flow through seawater. All females were nearing reproductive
maturity based on microscopic examination of oocytes drawn from starfish using the biopsy procedure
described in the previous section. Oogenesis of CoTS from the GBR is usually most active between
September and November, while some have been observed to rapidly complete oogenesis within a
month (i.e., between November and December) [35]. Starfish were assigned to one of four different
“Maternal” feeding treatments (n = 3) for 30 days: (i) Acropora (fed with Acropora intermedia); (ii) Mixed
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(fed with Acropora intermedia, Porites cylindrica, and Pocillopora damicornis); (iii) Porites (fed with Porites
cylindrica); and (iv) Starved (no food provided, only dead coral skeletons). Supply of coral food for fed
treatments was replenished as soon as the piece of coral provided had been completely consumed.
Sample size (n = 3) was kept low to limit the amount of coral fed ad libitum to starfish. Wet weight of
each starfish, prior to and 30 days after feeding treatments, was measured. Gonads and pyloric caeca
were also weighed after feeding treatments to calculate the gonad index (GSI) and the pyloric caeca
index (PCI) for each individual. The average weight of gonads and pyloric caeca from three arms was
multiplied with the total number of arms of each starfish to estimate the total gonad or pyloric caeca
weight. GSI and PCI were expressed as the ratio of gonad or pyloric caeca weight to the total weight of
the starfish [36].

2.3. Spawning Induction and Oocyte Metrics

Gonad lobes were dissected from the twelve females and ovaries were rinsed in 0.2-μm filtered
seawater (FSW) to remove loose oocytes. Ovary lobes were treated in 10−5 M 1-methyladenine to
induce ovulation. Released oocytes were transferred into containers with filtered seawater and wet
mounted on glass slides for microscopic examination. Diameters (Doocyte) of the long and short
axes of 100 randomly selected mature oocytes (have undergone germinal vesicle breakdown) from
each treatment were measured using image analysis of micrometer-scaled photographs of oocytes in
Image J [37]. Oocyte volume (Voocyte) was calculated using the formula for an oblate spheroid:

Voocyte = 4/3 × π × a2 × b, (1)

where a is the radius of the major axis (long axis) and b is the radius of the minor axis (short axis).

2.4. Fertilization and Larval Rearing

Oocytes from each female were placed in separate 1-L beakers with FSW kept at 28 ◦C.
Approximately 200 oocytes from each female were transferred into triplicate 250-mL beakers using
a glass pipette. Spermatozoa were collected from the testes of five males and checked for motility
under a microscope. Roughly equal amounts of spermatozoa from each male were combined and
counted using a haemocytometer. Oocytes were fertilized with spermatozoa diluted to achieve a
spermatozoa-to-oocyte ratio of 100:1.

Fertilized eggs were pooled for each maternal diet treatment group as variation among females
had previously been found to be minimal [24]. Zygotes from each group were separately reared
in round acrylic containers equipped with stirrers. After 48 h, 100 actively swimming bipinnaria
larvae with fully formed mouth, stomach, and anus were siphoned into separate plastic culture
bottles with 150 mL FSW. Algal food was prepared from a mixture of sterile cultures of Dunaliella
tertiolecta at 30% (strain CS-175) and Chaetoceros muelleri at 70% (strain CS-176). CoTS have been
previously reared to settlement using D. tertiolecta [20] and C. muelleri (Caballes et al., unpublished
manuscript) individually and as a mixture [22]. Sampling of phytoplankton communities in the
GBR has shown Chaetoceros to be one of the most dominant microalgae taxa during flood events [38],
hence we used a higher proportion of C. muelleri in this study. Final cell densities were quantified
using a haemocytometer. Each group of larvae was assigned to three exogenous (“Larval”) nutrition
treatments: (i) “High Food” (fed twice daily at 104 cells·mL−1) (ii) “Low Food” (fed twice daily at
103 cells·mL−1) and (iii) “Starved” (no algal food, 0.2-μm FSW). There were six replicate culture
bottles for each of the 12 combinations of endogenous and exogenous nutrition treatments (total of
72 culture bottles). Each culture bottle was connected to an air hose set at one bubble per second
to prevent larvae from settling on the bottom. Water changes with fresh FSW were performed
daily. Surviving larvae in each culture bottle were counted every four days for 16 days during
water changes. At 4 and 10 days after the start of feeding, 10 normally developing larvae from each
bottle were immediately photographed using a camera mounted on a microscope. Maximum length,
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maximum width, posterior width, ciliated band length, and gut area were measured using ImageJ
(Figure 1). At day 4, 8, and 16 after the start of feeding, all surviving larvae were categorized into
the following developmental stages: (1) early bipinnaria—gut fully formed, preoral and anal lobes
present, coelomic pouches below or close to mouth; (2) advanced bipinnaria—coelomic pouches
fuse as axohydrocoel above the mouth, anterodorsal and posterolateral arms start to form; (3) early

brachiolaria—brachiolar arms start to appear as stump-like projections from the anteroventral surface
of the larvae, anterior extension of axohydrocoel, anterodorsal, posterolateral, and posterodorsal arms
start to elongate, preoral arms start to form; (4) mid-late brachiolaria—brachiolar arms prominent,
starfish rudiment developing in the posterior region of larvae, postoral arms form, and other larval
arms more elongated; and (5) abnormal—stunted and deformed larvae [24,39,40].

Gut Area

Maximum Width

Posterior
Width

M
ax

im
um

 L
en

gt
h

Ciliated Band Lengthgut hood

dorsal lobe
ventral lobe

oral hood

(a) (b)

Figure 1. Morphometric measurements of larvae taken four and ten days after commencement of feeding:
(a) size of morphological features; (b) Ciliated band length = sum of the traced perimeter measurements
of the oral hood and ventral lobe, gut hood, larval sides, and dorsal lobe (red dashed outline).

2.5. Statistical Analyses

Statistical comparison of oocyte diameter and volume was made using a two-factor mixed model
hierarchical analysis of variance (ANOVA) with “Maternal Nutrition” as a fixed effect (four levels) and
“Female” (three levels, random) nested within “Maternal Nutrition”. No departures from normality
and homogeneity of variance were detected for all data. A post hoc Tukey’s test was used for pairwise
comparisons of fixed factor means. A generalized linear model (GLM) with quasibinomial errors and
logit link function was used to analyze the effect of maternal nutrition and larval feeding treatments
(fixed categorical predictors) on the proportion of surviving and normally developing larvae and
percentage of larvae at the brachiolaria stage (response variables). Treatments with zero variance (e.g.,
0% larvae at the mid-late brachiolaria stage across all replicates for treatment with no algal food)
were excluded from this analysis. Pairwise post hoc tests were subsequently performed using the
Tukey’s method in “lsmeans” function in R [41]. The frequency distribution of larvae under different
developmental stages was analyzed as a contingency table using log-linear models with log link and
Poisson error terms [42] to examine larval progression in relation to “Maternal” and “Larval” nutrition
treatments. “Developmental Stage” was considered as a response variable so all models included the
interaction between “Maternal” and “Larval” nutrition [43]. Degrees of freedom (df ) were calculated
and deviance statistics (χ2) were used to compare models in R [41]. Pairwise comparisons were done
using G-test of independence with correction for false discovery rate [44]. Data for measurements
of morphological traits were analyzed using two-way ANOVA testing for the main and interactive
effects of “Maternal” and “Larval” nutrition treatments. Data were log-transformed when assumptions
of normality or homogeneity of variance were not met. Significant tests were followed by post
hoc Tukey’s test for pairwise comparisons within fixed effects. Principal component analysis (PCA),
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implemented using the “vegan” package in R, was used to visualize the effect of “Maternal” and “Larval”
nutrition treatments on larval morphology. Morphometric data were log-transformed and the average
per replicate culture bottle was used to avoid pseudoreplication. Further morphometric comparisons
were performed using permutational multivariate ANOVA (PERMANOVA) on 9999 permutations under
a reduced model [45]. Morphological traits were log-transformed and Euclidean distances were used
to generate a resemblance matrix in PRIMER v.6 (Primer-E Ltd., Plymouth, UK). Means and standard
deviation (± SD) were calculated for all data in each treatment. All statistical analyses were performed
in R, unless stated otherwise, and p-values (p) below 0.05 were considered statistically significant in
all tests.

3. Results

3.1. Maternal and Oocyte Metrics

Initial diameter (F3,8 = 0.19, p = 0.9011) and weight (F3,8 = 0.21, p = 0.8898) of female starfish used
under the four maternal nutrition treatments were not significantly different. Weight change after
30 days was also not significantly different between maternal diet treatments (F3,8 = 0.47, p = 0.7130).
Maternal diet had a significant effect on pyloric caeca indices (PCI; F3,8 = 4.60, p = 0.0374), mainly
due to females under the mixed diet treatment having significantly higher PCI than starved starfish.
The gonadosomatic index (GSI) of females given Acropora (24.1 ± 1.7% SD, standard deviation in
all instances hereafter) and mixed (24.2 ± 1.4%) diets were significantly higher than Porites-fed
(13.2 ± 1.6%) and starved (11.2 ± 2.5%) starfish (F3,8 = 14.29, p = 0.0014).

Variation in oocyte diameter (D) and volume (V) was consistent with patterns for GSI
between treatments (Figure 2). The diameter and volume of oocytes from starfish placed
under Acropora (D = 0.22 ± 0.01 mm; V = 0.0051 ± 0.0009 mm3) and mixed (D = 0.22 ± 0.02 mm;
V = 0.0051 ± 0.0010 mm3) diet treatments were significantly larger compared to Porites-fed
(D = 0.19 ± 0.02 mm; V = 0.0033 ± 0.0008 mm3) and starved (D = 0.19 ± 0.01 mm; V = 0.0031 ± 0.0006 mm3)
females. Maternal diet treatments accounted for 60% and 63% of the variation in oocyte diameter and
volume, respectively (Table S1). There was a significant difference in oocyte size among females within
treatments, but this only accounted for 5% of the variation (Table S1).

 

D
ia

m
et

er
 (m

m
)

0.14

0.16

0.18

0.20

0.22

0.24

0.26

0.28

Maternal Nutrition Treatments

Acropora Mixed Porites Starved

V
ol

um
e 

x 
10

-2
 (m

m
3 )

0.10

0.20

0.30

0.40

0.50

0.60

0.70

0.80

(a)

(b)

a a b b

a a b b

Figure 2. Size of oocytes from female starfish under different maternal nutrition treatments: (a) oocyte
diameter; (b) oocyte volume. Boxplots with different letters above are significantly different.
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3.2. Larval Survival

Absolute survival of larvae (without taking into account normal development and larval stage)
was high (>85%) across all treatments at day 4 (Figure 3) and no significant differences were found
between maternal nutrition and between larval diet treatments (GLM, Table 1). At day 8, maternal
effects were significant, with a higher proportion (>70%) of surviving larvae from females that were
fed (Acropora, Mixed, Porites) compared to the starved treatment (56.9 ± 13.1%) (Figure 3). At 12
and 16 days after the onset of larval ability to feed, maternal and larval nutrition treatments had
a significant additive effect on larval survival. At day 12, survival was >60% for larvae from females
on a coral diet, while survival was only 48.4 ± 14.2% for larvae from unfed starfish. Survival was also
>60% for larvae provided with exogenous food, while only 52 ± 15.6% of starved larvae survived
at day 12. At the end of the experiment (day 16), survival was almost twice as high for larvae from
maternally fed treatments (Acropora = 50.1 ± 14.6%, Mixed = 49.4 ± 15.7%, Porites = 45.3 ± 19.0%)
compared to those from the starved treatment (37.7 ± 17.1%). Larvae that were fed with microalgae
also had a higher survival rate (High: 55.9 ± 13.1%; Low: 53.8 ± 10.7%) compared to larvae with no
food (28.4 ± 10.5%) at day 16 (Figure 3).
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Figure 3. Larval survival and progression of larval development at 4, 8, and 16 days. Morphological
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Table 1. Analysis of deviance for binomial generalized linear models (GLMs) testing the effects of
maternal nutrition and larval feeding treatments on the proportion of surviving larvae at 4, 8, 12,
and 16 days after the onset of the ability of larvae to feed. Hereafter, Maternal Diet: Acr = Acropora,
Mix = mixed diet, Por = Porites, Stv = starved; Algal Food Concentration (cells·mL−1): Hi = 104,
Lo = 103, No = 0.

SOURCE df χ2 p Post Hoc

Day 4

Maternal Nutrition 3 2.58 0.9349
Larval Nutrition 2 2.12 0.8396
Maternal Nutrition × Larval Nutrition 6 4.71 0.9927

Day 8

Maternal Nutrition 3 140.00 0.0001 Acr = Mix = Por > Stv
Larval Nutrition 2 27.92 0.1281
Maternal Nutrition × Larval Nutrition 6 15.63 0.8901

Day 12

Maternal Nutrition 3 98.03 0.0035 Acr = Mix = Por > Stv
Larval Nutrition 2 60.24 0.0152 Hi = Lo > No
Maternal Nutrition × Larval Nutrition 6 20.05 0.8349

Day 16

Maternal Nutrition 3 61.00 0.0072 Acr = Mix = Por > Stv
Larval Nutrition 2 435.23 <0.0001 Hi = Lo > No
Maternal Nutrition × Larval Nutrition 6 5.81 0.9794

3.3. Larval Development

At day four after the onset of larval feeding ability, the majority of the larvae across all treatments
were at the advanced bipinnaria stage. The distribution of larvae among the different developmental
stages was dependent on maternal nutrition (Table 2), with a higher proportion of larvae that
were still at early bipinnaria under the starved treatment (35.7 ± 18.1%) compared to larvae from
starfish placed on Acropora (9.9 ± 4.9%), mixed (11.8 ± 4.6%), and Porites (15.4 ± 10.5%) coral diet
(Figure 3). At day 8, larval development was dependent on maternal and larval nutrition treatments
(Table 2). The stage of development was bimodal (Figure 3), with the majority of larvae remaining at
advanced bipinnaria and the main driver of variation was the proportion of larvae at the brachiolaria
stage (Maternal Nutrition: Acropora = 36.9 ± 9.9%, Mixed = 35.2 ± 10.0%, Porites = 24.1 ± 10.8%,
Starved = 13.4 ± 13.4%; Larval Nutrition: High = 35.3 ± 11.0%, Low = 29.9 ± 13.8%, No Food = 16.9
± 12.1%). At day 16, maternal provisioning and larval diet had a significant additive effect on the
developmental progression of larvae (Table 2). The developmental stage frequency distribution of
larvae from starfish on Acropora and mixed diets were significantly different from Porites-fed and
starved treatments (Figure 3). Retrogression of larvae from brachiolaria or advanced bipinnaria back
to early bipinnaria was evident for larvae from starved females and for starved larvae from Porites-fed
females (Figure 3).

Results of statistical analyses of normal development and larval competency are summarized
in Table S2. At Day 8, maternal diet had a significant effect on the proportion of normally
developing larvae (Figure 4a) and the proportion of larvae reaching the brachiolaria stage (Figure 4c).
Under maternal treatments that were fed with coral, the proportion of normally developing larvae
(Acropora = 95.7 ± 3.2%, Mixed = 96.4 ± 2.7%, Porites = 94.1 ± 3.8%) was significantly higher compared
to those from the starved treatment (88.9 ± 11.1%). The proportion of larvae from starfish on Acropora
and mixed diets that reached the brachiolaria stage was 1.5 times higher compared to Porites-fed
treatments and 2.7 times higher compared to starved treatments. At this point, larval nutrition did not
have a significant effect on the proportion of normally developing larvae, but the proportion of larvae
reaching the brachiolaria stage was twice as high for treatments provided with algal food compared to
starved larvae (Figure 4c). At 16 days after the onset of larval feeding capability, maternal provisioning
and larval diet had a significant additive effect on the proportion of larvae that developed normally
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(Figure 4b). The proportion of normally developing larvae from CoTS on Acropora and mixed diets
was 8% higher compared to Porites-fed treatments and 18% higher compared to starved treatments.
Fed larvae were also 1.4 times more likely to undergo normal development compared to starved
larvae (Figure 4b). Maternal condition also had a strong influence on the proportion of larvae that
reached the mid-to-late brachiolaria stage after 16 days. Treatments on Acropora and mixed diets were
2.3 and 13.7 times more likely to reach competency compared to Porites-fed and starved treatments,
respectively. None of the unfed larvae reached the mid-to-late brachiolaria stage at 16 days and were
excluded in the analysis due to zero variance. There was no significant difference in the proportion of
larvae at the mid-to-late brachiolaria stage between high and low algal food treatments.

Table 2. Analysis of deviance for log-linear models testing complete and conditional dependence of
larval development on maternal provisioning and larval diet at 4, 8, and 16 days.

Source df χ2 p Post Hoc

Day 4

Maternal Nutrition 36 82.80 <0.0001 Acr = Mix = Por �= Stv
Larval Nutrition 32 7.34 0.9663
Maternal Nutrition × Larval Nutrition 24 4.94 1.0000

Day 8

Maternal Nutrition 36 79.62 <0.0001 Acr = Mix �= Por = Stv
Larval Nutrition 1 32 51.55 0.0157

Maternal Nutrition × Larval Nutrition 24 22.05 0.5763

Day 16

Maternal Nutrition 36 103.49 <0.0001 Acr = Mix �= Por = Stv
Larval Nutrition 32 143.85 <0.0001 Hi = Lo �= No
Maternal Nutrition × Larval Nutrition 24 12.38 0.9753

1 Power not sufficient to show significant differences in post hoc pairwise comparisons.
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3.4. Larval Growth and Morphometry

Maternal diet had a significant effect on initial size across all morphological traits at four days
after the onset of larval feeding ability (Table S3). Larval diet did not influence larval growth at this
stage. Variation in maximum larval length, maximum width, posterior width, ciliated band length,
and gut area was mainly due to maternal treatments (Figure 5). In particular, variation in larval size
was driven by differences in growth rates, which was consistently higher for coral-fed treatments
compared to larvae from starved starfish. Among the coral-fed treatments, larvae from starfish on
Acropora and mixed diets were bigger compared to Porites-fed treatments. Patterns of variation in
maximum width and posterior width were consistent with differences in ciliated band length and
gut area, respectively, suggesting proportional growth of feeding structures and stomach with overall
larval size (Figure 5).
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At 10 days after the onset of larval feeding ability, there was a significant interaction in the effects
of maternal and larval diet on larval size (Table S4). Initial differences in larval size due to maternal
nutritional condition persisted at this stage, while larval diet also had a significant effect on larval
growth, i.e., fed larvae were longer and wider compared to starved larvae (Figure 6a–c). Larvae under
low algal food concentration had disproportionately longer ciliated bands (Figure 6d) in relation to
maximum length and width (Figure 6e,f). The influence of maternal effects on gut area was reduced,
while the effect of larval nutrition was more pronounced at this stage (Figure 6g).
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Figure 6. Morphometric measurements of larvae (± SD) at Day 10: (a) maximum length (ML),
(b) maximum width (MW), (c) posterior width (PW), (d) ciliated band length (CBL), (e) ratio of CBL

to ML, (f) ratio of CBL to MW, and (g) gut area (GA). Different letters above bars indicate significant
differences based on Tukey’s post hoc tests following two-way ANOVA.
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Consistent with individual measurements of morphological traits, maternal diet explained 66.2%
of the variation in overall larval allometry at four days after the onset of larval feeding ability (Table S5).
Larvae from females under Acropora and mixed diets were generally longer and wider. At this stage,
ciliated band length and gut area coincided with larval growth (i.e., increase in larval length and
width), irrespective of changes in larval morphology (Figure 7a).

At day 10, endogenous and exogenous nutrition explained 37.5% and 38.9% of the variation
in larval morphology, respectively (Table S5). The effects of these factors were interactive and
mostly driven by differences in ciliated band length and gut area (Figure 7b). Ciliated bands were
disproportionately longer in relation to maximum length and maximum width, which indicates
phenotypic change in response to the concentration of algal food. Gut area also varied with algal food
concentration, i.e., larvae under high food concentration treatments had larger stomachs compared to
low food and starved treatments.
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4. Discussion

This study shows that the inferred nutritional condition, and thereby the diet, of crown-of-thorns
starfish has a significant and lasting effect on larval vitality. Notably, CoTS fed on either an exclusive
diet of Acropora or a mixed diet in which Acropora represented ~33% of available prey produced
larger gonads and oocytes, which were correlated with larval growth and morphology, as well as
rates of larval survival, development, and competency. The influence of endogenous nutrition was
most apparent in the earlier stages of development (i.e., bipinnaria stage) while the significance of
exogenous nutrition was manifested in later stages (i.e., advanced bipinnaria to the brachiolaria stage).
Our results suggest that the quantity and quality of coral food rations to female starfish differed
sufficiently to affect reproductive investment in CoTS, as evidenced by significant variations in oocyte
diameter and volume. This is consistent with a previous study by Caballes et al. [24], which showed
that CoTS fed ad libitum with Acropora for two months during peak oogenesis produced significantly
larger oocytes compared to oocytes from Porites-fed and starved females. Intraspecific variation in
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oocyte size in many echinoderms is often mediated by differences in food quality and quantity [46].
Within species, larger oocytes are generally associated with specimens collected from field sites with
abundant food and with animals under high food treatments in laboratory studies [18,46,47]. Using the
gonad index and oocyte size as an index for maternal investment, the present study demonstrates
that maternal effects persist through to later stages of development and affect how larvae respond to
varying conditions of food availability in the external environment.

Neither endogenous provisioning to the egg or exogenous food availability influenced initial
larval survival (all above 85% at day 4), but larvae from fed adults, regardless of diet, generally showed
faster growth and development compared to those from starved adults. This suggests that early larval
success is significantly influenced by maternal condition. The influence of adult diet and nutritional
condition on initial growth and development has been previously shown for CoTS [24] and other
echinoderms [19,46,48,49]. After the digestive tract differentiates (usually two days after fertilization),
CoTS larvae enter a facultative feeding period where they are capable of feeding, but do not necessarily
require food for growth and development due to existing maternal reserves [17]. Starved larvae have
been shown to survive for long periods and develop all the way to early brachiolaria [20,24]. The onset
of the ability to feed occurs at around the same stage across several species with planktotrophic larvae,
but the onset of the need to feed and the duration of the facultative feeding period vary dramatically
according to oocyte size and quality [50], and hence maternal diet. In the present study, the influence
of maternal effects on survival and development remained strong at eight days after the onset of the
ability to feed. This stage is normally the transition phase from bipinnaria to brachiolaria larval form.
Continued development at this stage suggests that maternal reserves can buffer the effects of low
food availability or starvation. Rate of survival, normal development, and larval progression was
higher in larvae from coral-fed adults (Acropora, mixed, Porites diet) compared to starved treatments.
Moreover, the proportion of larvae that progressed to the brachiolaria stage was higher in starfish on
Acropora and mixed diet compared to Porites-fed treatments. Differences in the inferred nutritional
condition between adult starfish on Acropora and mixed diet versus Porites-fed females was most likely
influenced by variable consumption rates between coral species. In the present study, estimated coral
consumption was higher for Acropora intermedia and Pocillopora damicornis compared to Porites cylindrica.
Similarly, when coral food was rationed ad libitum to CoTS for 60 days, consumption rates of Acropora
abrotanoides were significantly higher compared to Porites rus [24]. Efficiency in feeding and digestion
was significantly higher on acroporid and pocilloporid corals compared to poritids [51]. This is in
accordance with CoTS feeding preferences observed in the field and in controlled laboratory assays,
where the frequency of predation and predation rates on Porites was consistently lower compared to
Acropora and Pocillopora corals (reviewed by Pratchett et al. [3]). General models of optimal diet theory
would predict that CoTS would prefer to feed on corals with the highest nutritional value to maximize
energetic return [27]. Nutritional analyses of corals showed that the energetic and protein contents of
acroporid and pocilloporid corals were marginally higher compared to poritids [51].

Variation in larval survival, development, and competency at the 16 days after onset of feeding
ability was mainly driven by exogenous food availability. High mortality rates at day 16 were
documented for starved larvae and none of the larvae reached the mid-to-late brachiolaria stage.
Maternal effects on initial larval vitality in the earlier stages persisted in the later stages. Even when
provided with a high concentration of algal food, very few larvae from starved females progressed
to the mid-to-late brachiolaria stage. However, larvae from Porites-fed females were able to partially
compensate for these initial differences by feeding in the plankton. The facultative feeding period
of CoTS larvae appears to exceed 10 days after fertilization, and potentially longer for larvae from
well-fed starfish. The assumption that the length of the facultative feeding period is correlated
with oocyte size [17] is supported by our results. The oocyte size of CoTS is relatively bigger
compared other tropical planktotrophic asteroids [24] and other echinoderms, which may allow
storage of surplus nutrients essential for larval growth [19,52]. The success of CoTS in exploiting
a lipid-rich food resource (i.e., scleractinian corals [53]) more so than any other reef organism also
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allows reproductively mature females to allocate energetic and structural resources directly towards
the oocyte and indirectly to the juvenile (e.g., in the forcipulate starfish, Pisaster ochraceous [47]).
Maternal provisioning of surplus nutritional reserves to the oocyte may allow larvae to withstand
prolonged periods of starvation [54] and produce larger larvae with structures that improve feeding
efficiency in food-limited environments [32].

Larvae from starved females were shorter, narrower, and had smaller stomachs compared to those
from fed starfish, while female CoTS on Acropora and mixed diets produced bigger larvae with larger
gut areas compared to Porites-fed treatments. At this stage, ciliated band length was proportional to
overall larval size. In a previous study, Caballes et al. [24] reported that four-day old larvae from CoTS
fed with Acropora or Porites were bigger in terms of length, width and stomach area compared to those
from starved starfish. Divergence in initial larval size and form was mainly driven by maternal diet
treatments. The influence of exogenous nutrients is negligible at this stage (4 days after the onset of
the ability of larvae to feed) due to available maternal reserves. While maternal provisions were still
present, Byrne et al. [19] did not observe a significant size difference between fed and unfed larvae of
the echinoid, Tripneustus gratilla.

The onset of phenotypic response of larvae comes in later, influenced by the synergistic effects
of endogenous and exogenous nutrition. Initial differences in larval size and development rate
influenced by endogenous maternal reserves were carried over to later stages. Continuous supply
of high concentrations of algal food for 16 days did not compensate for initial deficiencies of larvae
from starved and Porites-fed females. Likewise, growth in larvae from starfish on Acropora and mixed
diets was stunted in the absence of particulate food. Supplemental storage lipids from maternal
provisions may be important in allocating resources for larval growth and for building larval feeding
structures. Exceptionally high feeding rates on a lipid-rich food source such as hermatypic corals [55–57]
uniquely predisposes CoTS to increased maternal reserves. Lipid levels in corals are higher than most
marine invertebrates [58]. Maternally derived energetic lipids, particularly triglycerides, fuel early
development in echinoderms [52]. Moreover, elevated levels of lipids during egg production in
corals [59] coincides with oogenesis in CoTS in the GBR, hence an increase in the amount of lipids in
CoTS diet prior to spawning. Although the proportion of triglycerides in A. intermedia [60], P. damicornis
and P. cylindrica [57] were almost identical, variable consumption rates on these species could drive
differences in maternal provisioning. Byrne et al. [19] suggest that the presence of triglycerides later in
development may be a bet-hedging strategy to maintain a buffer against uncertain food supply for
larvae. Our results support this proposed strategy, i.e., the degree of allometric elongation of ciliated
bands in relation to larval size was more pronounced among larvae from starfish on Acropora and
mixed diets compared to larvae from starfish under poor maternal nutritive conditions.

Enhancement of feeding capacity is set by the total length of the ciliated band, which requires
complementary increases in body size or changes in larval shape to maximize the length of ciliated
bands [29,30]. George [31,49] demonstrated that the bipinnaria larvae of asteroids are capable of
changing the size of their feeding structures in response to the amount of available algal food. For CoTS
larvae, allometric growth of the ciliated band relative to body size can be achieved by increasing the
length and width of the larval body coupled with allometric development of bigger oral and gut hoods.
Larval CoTS in starved and low food condition had longer ciliated bands relative to body size [32].
Few studies have proposed reliable cues that stimulate these changes in the size of larval feeding
structures. Shilling [61] found that echinoderms respond morphologically to organic compounds in
the environment that may indicate the availability of dissolved and particulate nutrients. Larvae may
also respond morphologically upon detection of chemical and physical cues from algal cells [62].

Given that larval size and shape influence feeding capability, changes in larval morphology
will have important functional consequences. In this study, phenotypic plasticity aided by maternal
provisions and in response to the environmental nutritive regime may explain the differential success
in survival, growth, and development of larvae. Plasticity in larval development has been shown to
reduce pelagic larval duration [30], which consequently increases survival by reducing exposure to
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planktonic predators [63] and by reducing the probability of advective loss from adult habitat [64].
The ability of larvae from well-fed females to modify feeding structures in response to oligotrophic
conditions, which is typical for reef waters, may help explain reported outbreaks in locations where
the likelihood of elevated phytoplankton levels induced by terrestrial runoff is low [26,65–67].

5. Conclusions

Maternal diet had strong effects on larval survival, development, and growth at the earlier
stages. Ciliated band length was proportional to larval growth at this stage. The effect of exogenous
diet becomes more pronounced at the later stages, presumably when maternal provisions have
been exhausted. Under low algal food conditions, larvae compensate by increasing the length of
ciliated feeding bands in relation to larval size, which improves food capture and feeding efficiency.
However, the effects of endogenous nutrition persist through to the later stages of larval development,
as larvae from starved females did not possess supplemental maternal reserves to develop longer
ciliated bands in response to low-food conditions. Resilience of CoTS larvae from starvation and
food-limiting conditions is influenced, in part, by the availability of surplus maternal reserves in
the earlier stages of development and then later through compensatory morphological plasticity
to improve the efficiency of food capture. Although acquisition of particulate food may still be
necessary to fuel larval growth for successful metamorphosis, initial advantages or deficiencies
in larval survival, growth, and development are carried over in later stages. Phenotypic plasticity
influenced by endogenous provisions and in response to exogenous food availability may be an
important strategy in boosting the reproductive success of CoTS, leading to population outbreaks.

Supplementary Materials: The following are available online at http://www.mdpi.com/1424-2818/9/1/15/s1,
Tables S1–S5. Table S1: Results of mixed model hierarchical ANOVA for diameter and volume of oocytes from
female starfish under four maternal diet treatments: Acr = Acropora, Mix = mixed diet, Por = Porites, Stv = starved.
Table S2: Analysis of deviance for binomial generalized linear models (GLMs) testing the effects of maternal
nutrition and larval feeding treatments on the proportion of normally developing larvae and larvae at brachiolaria
stage after 8 days and normally developing and larvae at mid-to-late brachiolaria after 16 days. Maternal Diet:
Acr = Acropora, Mix = mixed diet, Por = Porites, Stv = starved; Algal Food Concentration (cells·mL−1): Hi = 104,
Lo = 103, No = 0. Table S3: Results of two-way ANOVA testing the main and interactive effects of maternal
nutrition and larval feeding treatments on different morphometric measurements taken 4 days after the onset
of larval feeding. Maternal Diet: Acr = Acropora, Mix = mixed diet, Por = Porites, Stv = starved; Algal Food
Concentration (cells·mL−1): Hi = 104, Lo = 103, No = 0. Table S4: Results of two-way ANOVA testing the main
and interactive effects of maternal nutrition (Acr = Acropora, Mix = mixed diet, Por = Porites, Stv = starved) and
larval feeding (Hi = 104, Lo = 103, No = 0 cells·mL−1) treatments on different morphometric measurements
taken at day 10 after onset of larval feeding ability. Table S5: Results of permutational multivariate ANOVA
(PERMANOVA) testing the main and interactive effects of maternal diet and larval feeding treatments on
larval morphology. Maternal Diet: Acr = Acropora, Mix = mixed diet, Por = Porites, Stv = starved; Algal Food
Concentration (cells·mL−1): Hi = 104, Lo = 103, No = 0.
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Abstract: Understanding the influence of environmental factors on the development and dispersal
of crown-of-thorns seastars is critical to predicting when and where outbreaks of these coral-eating
seastars will occur. Outbreaks of crown-of-thorns seastars are hypothesized to be driven by terrestrial
runoff events that increase nutrients and the phytoplankton food for the larvae. In addition to
increasing larval food supply, terrestrial runoff may also reduce salinity in the waters where seastars
develop. We investigated the effects of reduced salinity on the fertilization and early development of
seastars. We also tested the interactive effects of reduced salinity and reduced pH on the hatching
of crown-of-thorns seastars. Overall, we found that reduced salinity has strong negative effects
on fertilization and early development, as shown in other echinoderm species. We also found that
reduced salinity delays hatching, but that reduced pH, in isolation or in combination with lower
salinity, had no detectable effects on this developmental milestone. Models that assess the positive
effects of terrestrial runoff on the development of crown-of-thorns seastars should also consider the
strong negative effects of lower salinity on early development including lower levels of fertilization,
increased frequency of abnormal development, and delayed time to hatching.

Keywords: fertilization; embryonic development; salinity; pH; hatching; crown-of-thorns
seastar; Acanthaster

1. Introduction

Coral reefs, among the world’s most diverse and valuable ecosystems, are under threat from
global stressors associated with climate change and local stressors such as overfishing, pollution,
and outbreaks of the coral-eating crown-of-thorns seastars, Acanthaster cf. solaris (COTS) [1,2].
The vulnerability of coral reef ecosystems to global change is seen in the mass bleaching and coral
mortality across the tropics caused by the 2016 El Nino-driven ocean warming [3]. Australia’s Great
Barrier Reef (GBR), and Indo-Pacific reefs in general, are in the midst of a multi-decadal decline in
coral cover [4,5]. Outbreaks of COTS cause major damage to coral reefs [5–7], prompting large-scale
removal programs of this seastar, albeit with equivocal effectiveness [8]. Analysis of data from the
GBR monitoring program estimates that 30–40 percent of the decline in coral cover can be attributed to
COTS predation [5,9]. In addition, coral recovery after bleaching and cyclones is greatly reduced if
these events are followed by A. cf. solaris predation [9–11].
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It is unclear whether outbreaks of COTS are becoming more common or are simply reported
with increasing frequency [8]. However, there is evidence that COTS outbreaks on the GBR occurred
historically every 50–80 years, while today they occur approximately every 15 years [12]. Regardless
of their frequency, given the far-reaching consequences of COTS outbreaks (e.g., [13]), understanding
the factors underlying increases in abundance of this species is critical to predicting when and where
loss of coral cover due to COTS will occur. Despite decades of research, the factors behind the boom
and bust population cycles of COTS are not understood. The very high fecundity (up to 200 million
eggs/female) and resilient larval stage indicate that success in the plankton is a key consideration in
determining the causes of recruitment pulses [14–17].

There are two primary hypotheses for the increasing frequency of COTS outbreaks: the predator
removal hypothesis (top-down) and the terrestrial runoff (enhanced nutrients) hypothesis (bottom-up).
While there is some evidence for both hypotheses (reviewed by [8]), a consensus seems to be emerging
that the terrestrial runoff hypothesis best explains outbreak dynamics on the GBR, possibly combined
with local hydrodynamic conditions that govern secondary outbreaks ([18], but see [19]). In brief,
the terrestrial runoff hypothesis attributes outbreak events to increasing agricultural runoff, which
in turn increases the abundance of nutrients in the waters surrounding the GBR. The addition of
limiting nutrients enhances the growth of phytoplankton, providing more food for A. cf. solaris larvae,
and thereby increasing larval survival and ultimately recruitment into the reproductive population [20].

In addition to increasing nutrients, freshwater runoff from terrestrial sources simultaneously
reduces seawater salinity [20,21]. In large flood events that often occur around the time that COTS
larvae are in the plankton, flood plumes can extend up to 100 km offshore in GBR waters causing
pulses of low salinity extending to mid-shelf reefs [22–24]. These low salinity events are predicted
to increase by recent projections of global climate change [25]. As most echinoderms have limited
tolerance for low salinity as adults and larvae [26,27], even short-term exposure to low salinity may be
detrimental to COTS development. For example, even small reductions in salinity cause abnormal
developmental phenotypes in sand dollars and sea urchins, beginning at fertilization and continuing at
least through hatching [25,26]. However, in experiments where larval COTS were transferred to a range
of salinity treatments, reduced salinities of 30 ppt actually enhanced survival relative to 32 and 35 ppt
treatments [27]. Lucas (1973) also found that development was completed in larval COTS transferred
to 26 ppt, but not 22 ppt. Developmental resilience to reduced salinities might be another trait of the
life history of COTS contributing to its success during flooding events. However, the tolerance of
gametes and early developmental stages (e.g., zygotes, cleavage stage embryos, blastulae) of COTS to
lower salinity has not been determined.

To understand the effects of freshwater runoff on COTS reproductive success, we examined
the effects of reduced salinity conditions on fertilization, normal development, and hatching in
this seastar across a salinity gradient (19 to 34 ppt). Based on previous studies demonstrating the
negative effects of low salinity on echinoderm development [26,28,29], we predicted that decreased
salinity would lower fertilization success and reduce the percentage of embryos exhibiting normal
development. We also predicted that decreased salinity would cause a delay in hatching, as shown in
other echinoderms [30,31]. The potential for polyembrony, the phenomenon where low salinity induces
fission of early embryos to generate multiple embryos per egg, as described for echinoid embryos [32],
was also investigated. Finally, we examined the effect of salinity reductions in combination with shifts
in pH to explore how changes in water chemistry more generally could affect development to hatching.
We use our data to address the possibility that the resilience of the planktonic phase of A. cf. solaris to
decreased salinity may contribute to its success in runoff conditions.
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2. Methods

2.1. Adult Collection and Maintenance

Crown-of-thorns seastars were collected on snorkel in December 2015 as encountered on
reefs around Lizard Island (14◦40′44.0” S 145◦26′53.7” E), Northern Great Barrier Reef, Australia.
Upon collection, the animals were transported by boat to the Lizard Island Research Station and the
gender of each specimen was determined by gonad biopsy with the tissue removed using forceps
through a small incision at the base of the arms. The males and females were placed in separate
large tanks of ambient flow-through seawater at 28 ◦C and ~34 ppt salinity. Animals were kept in
flow-through tanks and used within a week of collection for experiments.

To obtain gametes for fertilization, a small portion of gonad was removed through an incision.
The ovaries were rinsed with 1 μm filtered seawater (FSW) and placed in 10−5 M 1-methyl adenine
in FSW to induce ovulation. After 30–40 min the eggs were collected and placed in ~100 mL of
FSW. Eggs were checked microscopically for quality and to confirm germinal vesicle breakdown.
Sperm was collected directly from dissected testes and placed in a small dish at room temperature
(~28 ◦C). Each sperm source was checked microscopically for motility and used promptly. For each
fertilization, sperm from a single male was combined to fertilize the eggs of a single female (salinity
only experiments) or sperm from two to three males was combined with eggs from two to three females
(salinity plus pH experiments) at a sperm to egg ratio of 100:1. Sperm and egg concentrations were
estimated using a hemocytometer. Fertilization was checked microscopically and confirmed to be >90%
before the eggs were rinsed in FSW to remove excess sperm. For pH experiments, levels of salinity,
pH, and DO (dissolved oxygen) were measured using a Hach Hqd portable temperature-compensated
multiprobe (Hach Company, Loveland, CO, USA).

2.2. Effects of Salinity on Fertilization, Development, and Hatching

For all experiments where salinity was manipulated, FSW at ambient temperature (~28 ◦C) and
salinity (34 ppt) was mixed with deionized water to create treatment salinities of 19, 23, 25, 27, 29,
31, and 34 ppt. New seawater was mixed each day for a complete water change in experiments,
thereby minimizing changes in salinity due to evaporation. To determine the effects of salinity on
fertilization success, development, and hatching, embryos from single females were reared in water
at a range of salinities. Use of one female and two to three males for each fertilization generated
populations of embryos for the salinity experiment. The eggs were pipetted into 250 mL plastic
beakers with ~100 mL FSW at salinities of 19, 23, 25, 27, 29, 31, and 34 ppt. After adding eggs to each
beaker, a few drops of dilute sperm solution were added to each beaker. After a brief stir, gametes
were left for a few minutes before checking for fertilization. A subsample of eggs was photographed
using a dissecting microscope to score the number of fertilized eggs as indicated by the presence of
a fertilization envelope. All eggs in focus were scored (n = 39–97 per picture). Initial trials (two to
three per salinity) revealed that development was inhibited at 19, 23, or 25 ppt, and so those salinities
were not used in subsequent trials. We then conducted 11 fertilizations and for each of these had one
well of embryos for each salinity level. Variable numbers of crosses were examined for measures of
fertilization (n = 3–11 crosses), normal development (n = 2–9 crosses), and hatching (n = 5 crosses) for
each salinity treatment.

Six-well plates were prepared with four wells in each plate filled with 10 mL of experimental
seawater (27, 29, 31, or 34 ppt) and fertilized eggs from respective salinity treatments pipetted into
individual wells. Plates were covered and left at ambient temperature (~28 ◦C). At 14, 16, and 18 h
post-fertilization (hpf), a subsample of 30 embryos from each well were examined microscopically to
score developmental stage. Scoring categories were as follows: unfertilized (no fertilization envelope),
fertilized (one cell), dead, early cleavage (two cells to blastula), abnormal cleavage (blastomeres
varying in size and shape), abnormal blastula (irregular shapes with blebbing cells), blastula, gastrula,
and hatched. The frequency of normal development (the sum of blastula, gastrula, and hatched
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categories) was determined in counts of 30 embryos per well. The percentage of normal development
was calculated by dividing the number of normally developing embryos by the total number of
embryos that were fertilized, in order to avoid confounding the failed development of fertilized eggs
with the previously observed failure of eggs to fertilize at low salinities. All cultures were examined
closely for the incidence of polyembryony.

2.3. Effects of Salinity and pH on Development to Hatching

The salinity-pH experiment used four salinities (27, 29, 31, 34 ppt) and two pHNIST levels
(Mean ± SE, control 8.07 ± 0.02, and 7.61 ± 0.01, n = 12). The pH treatments were within model
projections for near-future (2300) conditions [25]. Unmanipulated FSW served as the control. The water
was first conditioned to achieve the salinity levels as above and then the pH was adjusted. To achieve
experimental pH levels, FSW was bubbled with 100% CO2 and pH adjustment was tracked using
a Hach Hqd portable multiprobe. Probes were calibrated using NIST high precision buffers pH 4.0,
7.0, and 10.0 (ProSciTech, Kirwan, Queensland, Australia). To ground truth pHNIST values, pH on
the total scale was checked for adjusted FSW samples across all salinities. The spectrophotometric
approach was used with m-cresol purple indicator dye (Acros Organics lot AO321770) and a USB4000
spectrophotometer following the procedures outlined in Standard Operating Procedures (SOP) 6b
of [33] and the equations of [34]. All values fell in the expected range, confirming the accuracy of the
pHNIST values. Water samples (250 mL) collected for each pH level and fixed with 100 μL of saturated
HgCl were used to determine total alkalinity (TA) by potentiometric titration. Experimental pCO2 was
determined from pHNIST, TA, temperature, and salinity data using CO2SYS [35] (Table 1) applying the
dissociation constants of [36] as refitted by [37].

Table 1. Experimental pH conditions in experiments with A. cf. solaris. Mean values for pHNIST

(±SE, n = 3) for each salinity across experimental runs is presented, as well as the overall mean pHNIST

(n = 12). pCO2 was calculated in CO2SYS using data on total alkalinity (TA, n = 2–4 per salinity),
salinity, and pHNIST.

pH 8.1 pH 7.6

27 29 31 34 27 29 31 34

8.08 ± 0.02 8.07 ± 0.02 8.07 ± 0.02 8.07 ± 0.01 7.61 ± 0.01 7.61 ± 0.01 7.61 ± 0.01 7.61 ± 0.02

pHNIST 8.09 ± 0.01 7.61 ± 0.00

TA (μmol/kg) 1968.3±12.0 2026.9±7.1 2166.4±12.9 2309.4±2.0 1968.3±12.0 2026.9±7.1 2166.4±12.9 2309.4±2.0

pCO2 (ppm) 492.4 493.1 514.3 529.9 1682.1 1696.2 1779.6 1851.0

Using gametes from multiple males and females (n = 2–3 each), males for each fertilization
generated populations of embryos for the salinity-pH experiment. Thus, each experimental container
was considered to be a replicate. Combined eggs of three females were placed in plastic beakers
containing 50 mL of experimental salinity-pH seawater at 460 eggs/mL, as determined in egg counts,
and fertilized with dilute sperm to achieve ~90% fertilization. Approximately 1 mL of these eggs was
then pipetted into full 40–80 mL containers (~12 eggs/mL) of the same experimental water conditions
and sealed. They were left in water baths maintained at ambient temperature (~28 ◦C).

At 14 and 24 hpf, 30 embryos were pipetted from each container and scored as dead, abnormal
blastula, blastula, gastrula, or hatched (as above). They were sampled in order of replicate (all replicate
one pots, then two, then three), so that time was not a confounding variable. This experiment was
repeated three times with different gamete sources.

2.4. Statistical Analysis

Data describing the effects of salinity on fertilization success were analysed using a nonparametric
Kruskal-Wallis test since the distribution of residuals resulting from ANOVA tests were non-normal,
even following standard (arc-sine square root) transformations. The percentage of embryos that
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exhibited normal development at 14 h post-fertilization under different salinity conditions were
normally distributed and were analysed using a mixed-model ANOVA where female was modelled as
a random factor and salinity was modelled as a fixed factor. Data describing the effects of time and
salinity on the percentage of embryos exhibiting normal development were non-normally distributed,
preventing analysis in an ANOVA framework. Instead, we used a binomial logistic regression to
analyse these data. A Hosmer-Lemeshow test was used to analyse the fit of our binomial regression
model to the data, although the Hosmer-Lemeshow test is known to yield significant departures from
a perfect fit when observations exceed a few hundred (our N = 2140) [38].

For the data on the percentage of hatching in salinity and pH treatments, a mixed-model ANOVA
was used with data at two different time points (14 and 24 hpf). In this case, we modelled pH, salinity,
time, and their interactions as fixed effects and block (different runs of the experiment) were modelled
as a random effect. Each block was conducted on independent days using unique and non-overlapping
combinations of male and female gametes. In all cases, normality of residuals was assessed using
a Kolmogorov-Smirnov test with an alpha level of 0.05 and in all cases the test yielded a p ≥ 0.200,
meeting this basic assumption of ANOVA. In cases where post-hoc tests were used to assess differences
among levels of a significant main effect, we used the Bonferroni adjustment to correct p-values for
multiple pairwise comparisons [39]. The one exception to this was analysis of pairwise comparisons
following the Kruskal-Wallis nonparametric test where we used Dunn’s adjustment [40] to correct
for family-wise type I error. All analyses were conducted using IBM SPSS Statistics (version 23,
Armonk, NY, USA).

3. Results

3.1. Effects of Salinity on Fertilization, Early Development, and Hatching Time of Crown-of-Thorns Seastars

Salinity had a significant effect on the percentage of eggs that were fertilized (Figure 1),
as determined by a Kruskal-Wallis test (H = 14.636, d.f. = 5, p = 0.021). Multiple pairwise comparisons
across all salinity levels revealed that fertilization at 23 ppt was significantly lower than fertilization
success at 34 ppt. All other pairwise comparisons were not significantly different from one another after
the p-values were corrected for multiple comparisons. While not statistically significant, the decrease
in fertilization at 25 ppt in some crosses indicates that this salinity level may approach the threshold
for fertilization success.

Figure 1. Fertilization percentage of A. cf. solaris eggs across a range of salinities (ppt). Circles represent
the mean (±SE) percent fertilization of 3–11 independent, replicate crosses for each salinity treatment.
Numbers beneath each data point indicate the number of replicate females for that point. Letters above
each data point indicate significant differences in percent fertilization among salinities based on a
Kruskal-Wallis H test and post-hoc tests (see text for details). For symbols where error bars are not
visible, the error bars are contained within that symbol.
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Salinity had a significant effect on the proportion of embryos that exhibited normal development.
Using a mixed-model ANOVA, we found that the proportion of embryos exhibiting normal
development was significantly reduced when salinity was reduced (F1,4 = 9.989; p < 0.001; Figure 2).
Post-hoc tests with Bonferroni corrections revealed that the frequency of normal development at 25 ppt
was significantly lower than at all other salinities (p < 0.001) except for 27 ppt (p = 0.070). The frequency
of normal development at 27 ppt was also lower than the frequency at 29 ppt (p = 0.028) and 31 ppt
(p = 0.039), but was not different from the frequency at 34 ppt (p = 0.110; Figure 2). The decrease in the
frequency of normal development at 27 ppt indicates that this salinity level approximates the embryo
tolerance levels for reduced salinity.

Figure 2. The percentage of embryos exhibiting normal development 14 h post fertilization (hpf)
across a range of salinities (ppt). Bars represent the means (±SE) for N = 2–9 independent, replicate
crosses. The number of crosses tested for a given salinity is recorded within each bar. At low salinity
(25) only two crosses were conducted as no normal development was seen in either of the first two
replicates. Letters above each bar denote statistically significant differences in the percentage of
embryos completing normal development based on a mixed model ANOVA and post-hoc tests (see text
for details).

We found that salinity, time, and male/female cross all had significant effects on the percentage
of embryos that hatched between 12 and 16 hpf (Figure 3). We initially tested for the main effects of
salinity, time, and male/female cross using a full model with all two-way and three-way interactions
included, but found that none of the interactions were significant and all exceeded a threshold p-value
of 0.250 for removal from the model to create a reduced model focused on testing our main effects
of interest [41]. The results of the reduced model are shown in Table 2 and show that all three main
effects were highly significant predictors of hatching status in our experiments. We tested whether the
fit of our model departed significantly from the data using a Hosmer-Lemeshow test, and found that it
did (p < 0.002); however, our model correctly predicted hatching status in 82.3% of cases.

Table 2. Binomial logistic regression of hatching probability in A. cf. solaris. A full model found that all
possible interactions yielded p > 0.250, and so the results of a reduced model using only main effects
are presented. Significant effects are in bold.

Variable β p-Value Exp(β)

Salinity 0.295 >0.001 1.343
Male/Female Cross −0.146 >0.001 0.864

Time 1.025 >0.001 2.788
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Plotting the mean success of fertilization and normal development by female shows different
effects of salinity treatments across the male/female crosses (Figure 4). At fertilization, performance
across all 11 females was reduced at all experimental salinity levels. At 14 hpf, however, it can be
seen that developmental success was dependent on female identity where females 7 and 8 showed
enhanced development with respect to the control salinity (Figure 4B).

Figure 3. The relationship between percent hatching, salinity, and time in A. cf. solaris. Percent hatching
increases with both time and salinity and varied significantly with male/female cross (see Table 1).
Each bar represents the mean (±SE) for each of five replicate crosses, measured at three time points
(12, 14, and 16 h post-fertilization).

Figure 4. The difference in fertilization and early developmental success with respect to the control
treatment (salinity of 34 ppt) grouped by female across experimental salinity treatments. Mean success
per female is displayed for the different salinity levels across fertilization (A) and normal development
14 h post fertilization (B). Symbols above the line display higher success than the control, while success
was lower than the control for those symbols below the line.
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3.2. Effects of Salinity and pH on Early Development of Crown of Thorns Seastars

Salinity and time, but not pH, had a significant effect on the percentage of hatched embryos
(Figure 5). We tested for the main fixed effects of salinity, pH, time, and for all possible interactions
of these variables, along with the random effect of block. After running the full model described
above, we removed all interactions where p > 0.250 and re-ran the reduced model presented in Table 3.
The main effects of salinity and time both significantly affected the percent of embryos hatched
(p < 0.001), but pH did not (Table 3). The random effect of block was also a significant factor affecting
the percent of embryos hatched (F2,136 = 5.550; p = 0.005). For the main effect of salinity, 27 ppt
yielded significantly lower percentages of hatching (p < 0.004) from all other levels, while 29 ppt was
significantly lower (p < 0.005) than 31 ppt and the highest salinities of 31 and 34 ppt were not different
from one another (p > 0.9).

Figure 5. The effect of salinity (ppt) and pH on the percent of hatched A. cf. solaris embryos at 14
and 24 h post fertilization. Each bar represents the mean (±SE) of three replicate blocks. Panels (A,B)
represent the first block. Panels (C,D) represent the second block and panels (E,F) represent the third
block. The colour of the bars represents the pH treatments. Dark grey = pH 8.1 and white = pH 7.6.
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Table 3. ANOVA for the effects of salinity, pH, time, block (male/female cross), and their interactions
on the percent of embryos hatched. Data were arcsine-square root transformed prior to analysis.
Significant effects (p < 0.05) are in bold.

Dependent Variable Fixed Effects df F p

Percent embryos hatched Salinity 3136 18.244 <0.001
Time 1136 196.418 <0.001
pH 2136 1.094 0.298

4. Discussion

We found that salinity has a strong negative effect on the early development of COTS,
beginning with fertilization and continuing through to hatching of embryos from the fertilization
envelope. Fertilization was relatively resilient to reductions in salinity, remaining above 90% until
salinity dropped to 25 ppt or below. However, by 14 hpf embryos began to exhibit sensitivity to salinity,
as seen in the presence of high numbers of abnormal phenotypes at salinities <27 ppt. This pattern
of increasing sensitivity to lower salinities continued into hatching. We detected negative effects of
reduced salinity on the proportion of embryos hatching at <29 ppt, relative to embryos at 31 and 34 ppt.
Overall, this suggests that salinity is an important factor to include in models of reproductive success
in COTS, especially as it is likely to covary with other environmental conditions such as nutrient
runoff and subsequent phytoplankton blooms that are currently associated with COTS outbreaks on
the GBR [20].

As seen here for COTS development, echinoderms generally exhibit a narrow tolerance for
decreased salinity during both planktonic and benthic life stages, although there is considerable
variation among species [26,27]. Previous studies of the impact of lower salinity on fertilization
(where gamete union was conducted in treatment water) in asteroids indicate that 24–26 ppt
approximates the salinity when the percentage of fertilization decreases, and this is also influenced
by temperature (e.g., 23% at 5 ◦C, 69% at 10 ◦C in Asterias amurensis) [42,43]. For COTS at 23–25 ppt,
fertilization was fairly high (~75%), although it does appear that this level of decreased salinity
approximates a threshold tolerance level. Similar results were obtained for fertilization in Acanthaster
cf. solaris from Guam, where fertilization drops below 50% between 24 and 22 ppt [44]. By comparison,
it appears that echinoid fertilization is more sensitive to decreased salinity, with significant deleterious
effects at salinities below 28–29 ppt for sea urchins [45–47] and at 25 ppt for a sand dollar [28].
For Lytechinus variegatus, fertilization was reduced to ~10% at 25 ppt [42].

The percentage of normal development for COTS was significantly lower at 27 ppt and
it appears that this level of reduced salinity may be a tipping point for deleterious effects.
Similarly, increased embryo abnormality was observed in the asteroids Pisaster ochraceus and Asterias
amurensis at ~25–26 ppt [42–45] and in the echinoid Evechinus chloroticus at 29 ppt [44]. While reduced
salinity has been reported to induce polyembryony in echinoid species [32], the phenomenon of
polyembryony was not observed in COTS under any experimental treatment. There was variation in
the performance, with the progeny of some females showing enhanced development with respect to
the control salinity. As seen in studies of other stressors, the variable performance of progeny with
respect to parental source indicates that there may be standing genetic variation in tolerance to salinity
and potential for adaptation [48].

In general, decreased salinity is well known to delay or retard development in
echinoderms [26,28,29,45,47,49–52]. For COTS, hatching was significantly delayed in embryos reared
from fertilization at 27 ppt. Similarly, for Lytechinus variegatus time to hatching time was delayed
by ~5 days at 28 ppt (six days vs. one day) [45]. Although we did not rear our cultures to the larval
stage, delayed hatching in COTS due to low salinity is likely to be associated with larval abnormality,
as shown for Pisaster ochraceus and Echinaster sp. [49,53]. Despite our finding of delayed hatching of
COTS, no signs of changes in stage at hatching were observed, as has been found in some echinoids [29].
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Regardless, any delay of hatching would be expected to increase the time spent in the risky planktonic
phase [54–56], as it delays the onset of larval feeding. However, the negative developmental effects
of salinity reductions may be offset by positive developmental effects associated with runoff events,
especially phytoplankton blooms, that are known to covary with outbreaks of COTS [20].

Our results suggest that decreased salinity has a greater deleterious effect on hatching than does
decreased pH, as also found for Acanthaster cf. solaris in Guam [44]. Thus, it appears that the hatching
stage is relatively resilient to lower pH while other time points in development are more vulnerable in
both earlier (e.g., gametes) and later (e.g., larvae) life stages of COTS, creating potential life history
bottlenecks [44,57–59], while there are potential benefits of near future ocean acidification for the early
juvenile [60].

The degree to which COTS eggs, embryos, and larvae encounter lower salinity water in nature
remains an open question. The eggs and sperm of COTS are neutrally buoyant (sperm) or nearly
so (eggs), and thus their dispersion is largely dependent on hydrodynamic conditions at the time of
spawning [61]. The vertical distribution of COTS larvae is unknown, but larvae are widely distributed
horizontally on the GBR, and recently have been shown to be dispersed across most of the GBR during
the spawning season, even at sites distant from known outbreaks [62]. This wide geographic coverage
suggests that at least some embryos and larvae are likely to encounter low salinity waters from either
river plumes or intense rain events, both of which have been demonstrated to reduce salinity over the
GBR during the wet season [23,63,64]. Wet season flood events can create flood plumes that extend
up to 100 km offshore in GBR waters, causing pulses of low salinity onto mid-shelf reefs [21–23].
Salinity exposure in the upper 50 m of the water column calculated using a hydrodynamic model
(eReefs http://www.bom.gov.au/environment/activities/coastal-info.shtml) during the 2010–2016
wet seasons showed salinity minima of 27 and 29 extended up to ~65 and 80 km, respectively, off the
north Queensland coast onto some mid-shelf reefs. In addition, freshwater impacts on the GBR have
become more frequent since the time of European settlement, with high flow events occurring in one
out of every six years since 1948 [24]. This leaves open the possibility that low salinity events on the
GBR may continue to increase in frequency and/or intensity.

While we show that the embryonic stages of COTS are sensitive to low salinity, Lucas (1973)
reported that larvae are less so [27]. Larvae transferred to 26 ppt, a salinity level deleterious to embryos,
were capable of completing development. This indicates that COTS larvae that encounter plumes of
lower salinity water in nature might be robust. Similarly, the bipinnaria larvae of Asterias amurensis
tolerated being transferred from ambient salinity seawater to 20–32 ppt [42]. After initial osmotic shock
these larvae were able to restore swimming activity, although they swam more slowly at decreased
salinity. Larval tolerance to transfer to low salinity increased with larval age [42]. This indicates
asteroid larvae, perhaps especially those of resilient boom and bust species such as Asterias amurensis
and Acanthaster cf. solaris [14], can tolerate low salinity perturbations. An extreme example of salinity
tolerance among asteroids is found in populations of the seastar Asteria rubens in brackish waters
of the Baltic Sea, where it occurs at salinities from 15 to 35 ppt [65]. In some populations of this
species, survival of fertilized eggs to embryos is actually highest at 24 ppt [65] and development to
metamorphosis can be completed at salinities as low as 15 ppt [66].

Across all asteroids, even the extreme cases described above, there is a limit to low salinity
tolerance in larvae that is likely to differ not only taxonomically, but also with respect to the duration
of the perturbation and across larval ages. Pisaster ochraceus gastrulae and larvae exposed to low
salinity (20 ppt) for 20 days, as occurs during precipitation events, developed into shorter and wider
larvae, while those exposed to shorter pulses of lower salinity (three days) developed into longer
and more slender larvae [67]. This salinity-induced morphological change in seastar larvae likely
has consequences for swimming and feeding, as both of these functions are strongly influenced by
larval size and shape [68]. The ability of asteroid larvae to change shape with respect to salinity
treatments may indicate an ability to phenotypically adjust their body profile to maximize feeding and
swimming efficiency with regard to salinity conditions, albeit with a lower limit [67]. For COTS and
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other asteroid and echinoid larvae, phenotypic plasticity with respect to their food environment is a key
mechanism of resilience [15,69,70]. That larvae may also be able to adjust their phenotype in response
to the salinity environment warrants further investigation. In addition, asteroid and echinoid larvae
exhibit avoidance behaviour swimming away from, or not swimming into, low salinity water [71,72],
and this ability has recently been shown to be affected by prior exposure to low salinity during early
development [73]. This behavioural plasticity may increase larval survival and, given the plasticity of
echinoderm larval growth, may also be associated with differing body profiles. Empirical data on the
influence of the timing of exposure (with respect to larval stage/age) on low salinity tolerance of COTS
larvae, the life stage most likely to encounter pulses of low salinity conditions during flooding periods,
and the potential for salinity-induced phenotypic plasticity is needed to more fully understand the
resilience of this species with respect to the influence of freshwater incursions.
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Abstract: Outbreaks of the crown-of-thorns seastar (CoTS) represent a major cause of coral loss
on the Great Barrier Reef. Outbreaks can be explained by enhanced larval survival supported
by higher phytoplankton availability after flood events, yet little is known about CoTS larvae
feeding behaviour, in particular their potential for selective feeding. Here, single- and mixed-species
feeding experiment were conducted on CoTS larvae using five algae (Phaeodactylum tricornutum,
Pavlova lutheri, Tisochrysis lutea, Dunaliella sp. and Chaetoceros sp.) and two algal concentrations
(1000 and 2500 algae·mL−1). Cell counts using flow-cytometry at the beginning and end of each
incubation experiment allowed us to calculate the filtration and ingestion rates of each species
by CoTS larvae. In line with previous studies, CoTS larvae ingested more algae when the initial
algal concentration was higher. We found evidence for the selective ingestion of some species
(Chaetoceros sp., Dunaliella sp.) over others (P. lutheri, P. tricornutum). The preferred algal species
had the highest energy content, suggesting that CoTS selectively ingested the most energetic algae.
Ultimately, combining these results with spatio-temporal patterns in phytoplankton communities
will help elucidate the role of larval feeding behaviour in determining the frequency and magnitude
of CoTS outbreaks.

Keywords: electivity; feeding behaviour; filtration rate; Great Barrier Reef; phytoplankton

1. Introduction

Outbreaks of the crown-of-thorns seastar (Acanthaster cf. solaris, CoTS) represent a major threat
for coral reefs and, in particular, for the Australian Great Barrier Reef (GBR). CoTS outbreaks
are among the main causes of coral loss on the GBR since 1985 [1] and, unlike other causes,
such as bleaching or cyclones, may be amenable to local or regional management. One of the most
widely-accepted hypotheses explaining the increased frequency of CoTS outbreaks relates to the
availability of phytoplankton, which is intimately linked to elevated terrestrial nutrient runoff [2–6].
Like most planktotrophic echinoderm larvae, CoTS larvae feed on nano-phytoplankton, and the
larval development rate increases with food availability [7]; although high food concentrations may be
detrimental to development and survival [8,9]. However, it is likely that phytoplankton diversity (or the
dominance of certain species) is equally or more important than overall phytoplankton abundance
with respect to larval development.
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While documented descriptions of the feeding mechanisms of CoTS in the early larval stages are
scarce, it can be assumed that there are similarities to the feeding of other asteroid taxa (Luidia spp.,
Patiria spp., Evasterias spp., Pisaster spp., Pycnopodia spp.) [10]. These asteroid larvae facilitate food
ingestion via the beating of epidermal cilia that generate a feeding current for the concentration and
ingestion of particles [10]. Particles accumulate in the mouth and are subsequently swallowed via the
action of muscles surrounding the oesophagus. The sphincter between the oesophagus and stomach
then opens, allowing the particles to enter the stomach where they can be sorted, digested or rejected
by dorsal flexion [10,11]. Rejection of particles that have not reached the stomach is accomplished by a
reverse beating of the oesophagus and mouth cilia, and the reverse sequence of muscle contractions.
This might be a mechanism for food selection [11].

Studies of larval feeding in CoTS conducted to date have focused on size selectivity and the
influence of food concentration on feeding behaviour [7,12,13]. In particular, these investigations have
demonstrated the ability of CoTS larvae to discriminate particle ingestion based on size (feeding in the
range of 5–20 μm in diameter) and a modulatory effect of algal species on feeding and development.
It has also been demonstrated that CoTS larvae can feed on other organic matter, such as mucus derived
from corals [14]. As suggested by Ayukai [12], ingestion is likely controlled by other factors than algae
size and concentration, with food quality potentially influencing CoTS feeding behaviour. While each
of the aforementioned studies contributed knowledge to our understanding of the larval phase of
this species, the corresponding experiments were short in duration (approximately 30 min) [12,13] or
conducted using high food concentrations of little relevance to natural conditions [7]. Thus, there is
currently limited knowledge on the feeding ecology (e.g., preferred food items, consumption) of the
larvae of this important coral predator, in particular in terms of potential preference for some algal
species and corresponding consumption rates.

In the present study, larvae were fed with five different algae species that are commonly
used in CoTS larval experiments or naturally occurring on the GBR (in isolation or in 1:1 choice
experiments) and tested over 18 h of consumption. Initial and final algae concentrations were
measured by flow cytometry. This technique uses the fluorescence properties of each algal species
for discrimination [15,16]. It simultaneously computes cell concentrations and, by comparing
concentrations before and after consumption by CoTS, allows the calculation of filtration and ingestion
rates. Flow cytometry has been used to study feeding behaviour of several zooplankton species,
including copepods [17], oyster larvae [18], zebra mussel larvae [19] and decapod larvae [20], but
never for studying CoTS feeding behaviour (nor, to our knowledge, that of any other echinoderm).
Therefore, flow cytometry represents an alternative to the more traditional methods implemented
previously in CoTS feeding studies and potentially an efficient way to increase accuracy in algal
counts [12]. Specifically, we used this technique to determine the filtration and ingestion rates of the
different algal species under two different ecologically relevant algal cell concentrations. In addition,
we investigated the ability of CoTS larvae to selectively ingest or reject individual algal species in
food mixes. Finally, we related these patterns of food selection to the energetic content of the algae
species tested.

2. Material and Methods

2.1. Spawning and Maintenance of CoTS Larvae

Adult CoTS were collected on Rudder Reef in the northern section of the GBR (16.21 ◦S, 145.47 ◦E)
in mid-September 2014, transported to the Australian Institute of Marine Science and maintained
under natural flow-through seawater (FSW) conditions. Adult CoTS were spawned and oocytes
fertilized as described previously [9]. Briefly, a small (≈1 cm) incision was made near the proximal
end of one of the arms, and 3–4 gonadal lobes were removed from each specimen. After macroscopic
sex determination, testes of six males and ovaries of six females were collected. Testes were placed
in covered 6-well plates to prevent desiccation. Ovary lobes were rinsed with filtered seawater
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(FSW) and subsequently submerged in a 10−5 M 1-methyladenine/seawater solution to induce
maturation. After 60–70 min, mature oocytes were washed through a 50-μM mesh and oocytes from
all females combined. Oocytes were diluted in seawater to achieve a stock solution of ~400 eggs·mL−1.
Two millilitres of dry sperm from each male were combined and added to 2500 mL of the egg
solution, resulting in a concentration of 106–107 sperm·mL−1. This yielded a fertilization success of
>99%. After 20 min, eggs were washed repeatedly using a 50-mm mesh to remove excess sperm.
Fertilized eggs were then divided evenly across three holding tanks (70 L each) and kept at 27 ◦C
in FSW (0.2 μm) under a 12 h:12 h light dark cycle. CoTS larvae were maintained at a density of
0.6–1.5 larvae·mL−1 and fed with Dunaliella sp. (3000 cells·mL−1) once per day starting two days
post-hatching. These algal species and concentration were chosen because they are known to promote
optimal development in CoTS larvae (e.g. [7]). Because the feeding behaviour of CoTS larvae changes
over the course of larval development [7], all experiments were conducted using larvae between
3 and 7 days old. Microscopic examination showed that all larvae were in the bipinnaria/early
brachiolaria stage.

2.2. Phytoplankton Cultures and Analysis

CoTS larvae were fed cultured phytoplankton over the course of the feeding experiments.
Five pure algae species were sourced from the Australian Algal Culture Collection (Hobart, Australia),
consisting of two diatom species: Phaeodactylum tricornutum (Species No. CS-29) and Chaetoceros sp.
(CS-256), two haptophytes: Pavlova lutheri (CS-182) and Tisochrysis lutea (CS-177) and the green algae
Dunaliella sp. (CS-353). All algae were grown at 26 ◦C under a 12 h:12 h light dark cycle, in F/2
medium. Experimental algal species were selected because they have been frequently used in CoTS
larval culture (Dunaliella sp., T. lutea, P. tricornutum, P. lutheri) [7,9,13] or are naturally occurring on
the GBR (Chaetoceros sp.) [21] and can dominate microalgal community assemblage following flood
events [22]. The length and width of the microalgae were determined for 30 cells of each species under
a 400× magnification.

To quantify algal nutritional content, algae were analysed for total lipid content following
standardized procedures described previously [23]. Briefly, lipids were extracted with dichloromethane:
methanol (2:1). Protein content was determined via the application of a nitrogen-to-protein conversion
factor of 5.0, taking into account the significant sources of chlorophyll, nucleic acids, free amino
acids and inorganic nitrogen [24], while the energetic content of each algal species was determined
on a pg/cell basis from the enthalpies of combustion values published by Bureau et al. [25]:
lipid (39.5 kJ·g−1) and protein (23.9 kJ·g−1).

Organic carbon (OC), nitrogen (N) and chlorophyll content of each algal species were measured
in duplicate using standard water quality methods (e.g., [26]). In brief, 100 mL (for chlorophyll) or
50 mL (for OC, N) of stock solution were filtered on pre-combusted 25-mm filters (Whatman GF/F)
and stored frozen (−20 ◦C) until analysis. Nitrogen was analysed on an ANTEK 9000 NS analyser and
OC on a Shimadzu TOC-V carbon analyser, equipped with a solid sample module (SSM-5000A) after
removing inorganic carbon using 2 M hydrochloric acid. Chlorophyll-a concentrations were measured
fluorometrically (Turner Designs 10 AU fluorometer) after grinding filters in cold (4 ◦C) acetone (90%).

2.3. Larval Feeding Experiments

Each experiment corresponded to either a single algal species being tested or a mixture of two
species, at either the high- or low-level treatment. Prior to incubations and for each experiment,
larvae were starved for approximately 20 h, concentrated and placed in six glass jars containing
200 mL of FSW. Larvae were stocked at an approximate concentration of 1 larvae·mL−1 and counted
both at the beginning and the end of each experiment. Initial counts in each experiment showed
that the actual numbers varied slightly (mean ± standard deviation: 1.00 ± 0.17 larvae·mL−1;
range: 0.57–1.50 larvae·mL−1). We accounted for this variation by adding the actual initial larval
density as a factor in the statistical model (see below). To document possible intrinsic changes in
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algal concentrations without larvae, six jars were used as no larvae controls and filled with 200 mL of
FSW. Jars were then placed on a shaker plate and larvae starved a further five hours. Thus, larvae had
sufficient time to acclimate to their new environmental conditions. Prior to each experiment, algae stock
concentrations were obtained using an Accuri C6 flow cytometer. Feeding concentrations were
then calculated and the respective number of algae added to each jar (experimental and control).
Each jar was adjusted to a final concentration of either 1000 cells·mL−1 for the low-level treatment
or 2500 cells·mL−1 for the high-level treatment. These concentrations were in the range reported by
Devlin et al. [22] in flood plumes on the Great Barrier Reef lagoon. In total, we therefore used 24 jars
for each algal species (or mixture of species), including 12 jars for the low-level treatment (6 with
larvae and 6 without larvae) and 12 jars for the high-level treatment (6 with larvae and 6 without
larvae). Larval age (between 3 and 7 days old) was randomly distributed across all experiments and
also accounted for in the statistical models as a fixed effect (see below).

In addition to the aforementioned experimental and control jars, three experimental (with larvae)
and three control jars (without larvae) were run with Dunaliella sp. at a density of 2500 cells·mL−1

during each incubation These served as an inter-experiment reference to control for possible variation
in CoTS algal consumption between experiments. In other words, we obtained a feeding rate for
Dunaliella sp. at a standard concentration for each experiment.

Following the addition of algae, each jar was gently agitated with a customized plunger and a
2-mL subsample of water taken through a 100-μm mesh (to avoid removing larvae). The jars were
placed back on the shaker plate and left for 18 h. All subsamples were immediately analysed with the
flow cytometer and the initial algal concentration calculated. This step ensured that the actual initial
algal concentrations (as measured by flow cytometry) that slightly varied around the expected value
both in the single and mixed-species experiments could be taken into account in the statistical model.
This step also ensured that, in each case, low- and high-level treatments spanned distinct ranges of
initial algal concentrations (Table A1). After 18 h, each jar was agitated again, and a final sample was
taken and cell numbers analysed. Larvae were then counted in a 25-mL subsample from each replicate
to determine larval densities for each replicate.

We used the initial experiments to investigate the feeding rates on individual algal species.
Subsequently, we conducted choice experiments with mixtures of two algal species. The four mixtures
each consisted of 50% of Dunaliella sp. and 50% of either of the remaining species. Dunaliella sp.
was chosen as a reference because it was commonly used in past CoTS feeding experiments [7,9,27].
We also limited experiments to two species at a time to ensure their accurate distinction by the flow
cytometer. Two cell concentrations were used for single food and choice experiments: 1000 cells·mL−1

for the low treatment and 2500 cells·mL−1 for the high treatment.
We calculated two important ecological parameters for plankton feeders, namely the filtration

rate (i.e., the volume of water cleared by a larvae in a given amount of time) and the ingestion rate
(i.e., the number of algae cells ingested per larvae per unit of time). First, we calculated the filtration
rate (Fr) for each algal species according to Coughlan [28]. For each treatment, a growth constant k was
calculated from C'0 and C't, i.e., the initial and final algae concentrations in the control jars, respectively.

C′
t = C′

0ekt ⇐⇒ k =
1
t

ln(
C′

0
C′

t
) (1)

where t is the duration of the experiment (18 h). A grazing coefficient g was calculated in the same
way from C0 and Ct, i.e., initial and final algae concentrations in each replicate, respectively

g =
1
t

ln(
C0

Ct
) + k (2)
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The filtration (or clearance) rate (μL larva−1 h−1) was then calculated as:

Fr =
V

Nlarv
g (3)

where Nlarv is the number of larvae in the jar and V the volume of water in the jar (200 mL).
Mean ingestion rate (cells larva−1·h−1) was calculated from:

Ir = Fr Cmean (4)

where Cmean, the mean concentration (cells μL−1), is calculated as:

Cmean =
C0

(
e(k−g)t − 1

)

(k − g)t
(5)

Selective feeding by CoTS larvae in the choice experiments was then evaluated as described by
Baldwin [18] and Fileman et al. [20] and through an electivity index proposed by Vanderploeg and
Scavia [29]:

Ei =
Fri

∑j Frj
(6)

where Fri is the filtration rate for algae i in the mixture and the sum of filtrations rates of all
species present in the mixture. For each species i, Ei ranges between 0 and 1, with 0.5 meaning
no selectivity, 0–0.5 representing avoidance and 0.5–1 representing selection. The utilization of this
index is particularly relevant here, because it is unaffected by the initial proportions of each algal
species in the mixture [18].

2.4. Modelling

We predicted filtration and ingestion rates of CoTS larvae as a function of algal species and initial
concentration using a Poisson error-distributed generalized linear mixed-effect model (GLMM) [30].
Initial larval concentration and age and initial algal concentrations were included in the models as fixed
effects. This allowed us to (i) account for the fact that larvae of different ages (3–7 days old) might have
slightly different dietary requirement and (ii) test for the effect of initial algal concentration on ingestion
and filtration rates as suggested by Marin et al. [31]. All combinations of fixed effects including their
interactions were considered in three model sets for each response variable (i.e., filtration and ingestion
rates): (i) in single-species experiments, (ii) for Dunaliella sp. in mixed-species experiment and
(iii) for the second species in the mixed-species experiments. We included the date of the experiment
as a random effect to account for the non-independence of replicates tested on the same day and from
the same batch of larvae.

We assessed GLMM performance using the marginal R2 (Rm, variance explained by the fixed
effects) and the conditional R2 (Rc, variance explained by both the fixed and random effects) to
provide an index of the model’s goodness-of-fit [32]. We also used Akaike’s information criterion
corrected for small sample sizes (AICc) that provides an index of Kullback–Leibler information loss and
corresponding weights (wAICc) to assign the relative strengths of evidence to the different competing
models [33]. This information-theoretic approach offers a more robust method than standard regression
techniques for testing alternative hypotheses, because it uses a multi-model inference framework
without discarding any models or predictors based on arbitrary thresholds such as p-values [34].
We fitted the GLMM using the function lmer (library lme4) in R 3.0.1 [35].

We then used the GLMM to compare the effect of algal species and initial concentration
(high vs. low treatment) on the filtration and ingestion rates both in single- and mixed-species
experiments. To do this, we predicted the partial effects of the different algae species and their
initial concentrations on the filtration and ingestion rates of CoTS larvae. We used a model-averaging
approach whereby predictions from each model in the model set were weighted by their relative
strength of evidence (wAICc), then averaged. This procedure allowed the estimation of mean filtration
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and ingestion rates in each treatment while correcting for the known variation in initial algae
concentration and the possible measurement errors due to non-independence in the original dataset.
We then compared the predicted filtration and ingestion rates of each algal species in single vs. mixed
species and high vs. low treatments using t-test pairwise comparisons.

3. Results

3.1. Single Species Experiment

In the single-species experiments, the model predicting filtration rate from larval age, initial
algal concentration and their interaction with algal species received the strongest support based on
AICc and explained over 80% of the variation in filtration rates (with 66% attributed to fixed effects)
(Table 1). The same model without the interaction between algal species and initial concentration
received the strongest AICc support in explaining ingestion rates, accounting for up to 90% of their
variation (with 74% attributed to fixed effects).

Table 1. Generalized linear mixed-effects model (GLMM) results for filtration and ingestion rates
of larvae fed with a single algal species. Filtration and ingestion rates are predicted as a function
of algal species, larvae concentration (LC), larvae age (LA), initial algae concentration (IC) and their
interaction (as indicated by the asterisk). All models include the experimental date as the random effect.
Shown are the number of model parameters (k), maximum log-likelihood (LL), the information-theoretic
Akaike’s information criterion corrected for small samples (AICc), AICc weight (wAICc) marginal and
conditional R-squared (Rm and Rc) as measures of the model’s goodness-of-fit. Models are ordered by
decreasing wAICc. Only models with wAICc > 0.001 are shown, in addition to the null model.

Model k LL AICc wAICc Rm Rc

Filtration rate
Species * IC + Species * LA + (1|date) 17 −324.8 744.7 0.920 65.70 81.80

Species * IC + Species * LA + LA + (1|date) 18 −322.4 749.5 0.080 64.50 82.10
1 + (1|date) 3 −426.1 858.4 0.000 0.00 39.80

Ingestion rate
Species * LA + IC + (1|date) 13 −339 740.3 0.996 73.70 90.90
Species + IC + LA + (1|date) 9 −357.4 751.2 0.004 73.70 91.40

1 + (1|date) 3 −447.3 900.9 0.000 0.00 41.20

Filtration rates of individual algal species were either not significantly affected by initial
food concentration (Figure 1a; P. tricornutum, P. lutheri and Dunaliella sp., T. lutea; t-test; p > 0.05)
or decreased with increasing algae concentration (Chaetoceros sp.; p < 0.001). When initial algae
concentrations increased from 1000–2500 algae mL−1, the filtration rate for Dunaliella sp. remained
around 60 μL larvae−1·h−1 for both concentrations (Figure 1a), while the ingestion rates for the
same species increased from 36.3 cells larva−1·h−1 on average (95% confidence interval: 31.8–40.8) to
87.0 (84.2–89.8) cells larva−1·h−1 (Figure 1b). Similarly, ingestion rates significantly increased at higher
algal concentrations for all algal species tested (Figure 1; p < 0.001). The lowest mean ingestion rate
of 10.3 cells larvae−1·h−1 (5.9–14.8) was observed for P. lutheri in the 1000 cells·mL−1 concentration,
while the highest one, 104.3 cells larva−1 h−1 on average (96.4–112.1), was found for T. lutea under the
2500 cells·mL−1 concentration.

CoTS larvae filtered and ingested T. lutea, Dunaliella sp. and Chaetoceros sp. at higher
rates (filtration > 63.1 μL·larva−1·h−1 and ingestion >77.2 cells larva−1·h−1 for the high
treatment), compared to rates of filtration and ingestion for P. tricornutum and P. lutheri (28.5 and
24.6 μL·larva−1·h−1 for filtration and 63.0 and 46.4 cells larva−1·h−1 for ingestion, respectively)
(Figure 1).
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Figure 1. Filtration and ingestion rates for larvae fed with one algal species. Predicted filtration (a)
and ingestion (b) rates of larvae fed with five different species. Predictions are made using GLMM
models. High treatment represents an initial concentration of 2500 cells·mL−1 and low treatment
an initial concentration of 1000 cells·mL−1. The error bars represent the 95% confidence intervals.
Asterisks represent significantly different rates between low- and high-concentration treatments
(Student’s t-test; *: p < 0.05, **: p < 0.01; ***: p < 0.001). Tiso: Tisochrysis lutea; Phaeo: Phaeodactylum
tricornutum; Pavlova: Pavlova lutheri; Dun: Dunaliella sp.; Chaet: Chaetoceros sp.

3.2. Mixed Species Experiments

In the mixed-species experiments, the model including larvae age and the interaction between
algal species and initial algal concentrations (both species) received the strongest AICc support in
explaining both the filtration and ingestion rates for Dunaliella sp. (Table 2). This model explained
63 and 87% of variation in Dunaliella sp. filtration and ingestion rates, respectively (with 27% and 71%
attributed to fixed effects). The same model also received the strongest support in explaining filtration
and ingestion rates for the second species (with 79% and 92% of variation explained in filtration and
ingestion rates, respectively) (Table 3).

In a similar manner to the trends observed in single algal experiments, all larval ingestion rates
increased with initial algal concentration (p < 0.05; Table 4) (Figure 2). Conversely, the filtration rates
remained constant for P. tricornutum and P. lutheri, as well as for Dunaliella sp. when mixed with
either P. tricornutum or P. lutheri (p > 0.05), but significantly decreased for T. lutea and Chaetoceros sp.
(p < 0.001) (Table 4).

Table 2. Generalized linear mixed-effects model (GLMM) results for filtration and ingestion rates of
Dunaliella sp. for larvae fed with 1:1 mixture. Filtration and ingestion rates of Dunaliella sp. are predicted
as a function of algal species, larvae concentration (LC), larvae age (LA), initial algae concentration
of Dunaliella sp. (IC dun), initial algal concentration for the second species (IC) and their interaction
(as indicated by the asterisk). All models include the experimental date as the random effect. Shown are
the number of model parameters (k), maximum log-likelihood (LL), the information-theoretic Akaike’s
information criterion corrected for small samples (AICc), AICc weight (wAICc) marginal and conditional
R-squared (Rm and Rc) as measures of the model’s goodness-of-fit. Models are ordered by decreasing
wAICc. Only models with wAICc > 0.001 are shown, in addition to the null model.

Model k LL AICc wAICc Rm Rc

Filtration rate
Species * IC * IC dun + LA + (1|date) 22 −317.1 779.9 0.980 27.0 63.5

Species * IC * IC dun + LA + LA + (1|date) 23 −315 788.7 0.012 29.0 68.6
Species * IC + Species * IC dun + Species * LA + (1|date) 21 −328.3 790.2 0.006 27.5 67.5
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Table 2. Cont.

Model k LL AICc wAICc Rm Rc

Species * IC + Species * IC dun + LA + (1|date) 17 −349.7 792.3 0.002 26.8 64.3
1 + (1|date) 3 −422.4 851.1 0.000 0.0 38.0
Ingestion rate

Species * IC * IC dun + LA + (1|date) 22 −243.8 633.3 0.980 71.4 87.2
Species * IC + Species * IC dun + LA + (1|date) 17 −274.6 642.3 0.011 69.2 86.7

Species * IC * IC dun + LA + LA + (1|date) 23 −242.4 643.6 0.006 71.3 88.0
1 + (1|date) 3 −399.4 805 0.000 0.0 27.8

Table 3. Generalized linear mixed-effects model (GLMM) results for filtration rates and ingestion
rates of the second species for larvae fed with 1:1 mixture. Filtration and ingestion rates of the second
species offered along Dunaliella sp. in a 1:1 mixture are predicted as a function of algal species, larvae
concentration (LC), larvae age (LA), initial algae concentration of Dunaliella sp. (IC dun), initial algal
concentration for the second species (IC) and their interaction (as indicated by the asterisk). All models
include the experimental date as the random effect. Shown are the number of model parameters (k),
maximum log-likelihood (LL), the information-theoretic Akaike’s information criterion corrected for
small samples (AICc), AICc weight (wAICc) and the marginal and conditional R-squared (Rm and Rc)
as measures of the model’s goodness-of-fit. Models are ordered by decreasing wAICc. Only models
with wAICc > 0.001 are shown, in addition to the null model.

Model k LL AICc wAICc Rm Rc

Filtration rate
Species * IC * IC dun + LA + (1|date) 22 −317.3 780.4 0.985 75.0 79.4

Species * IC * IC dun + LA + LA + (1|date) 23 −316 790.7 0.006 74.3 79.6
Species * IC + Species * IC dun + (1|date) 16 −353.3 790.9 0.005 75.5 80.1

Species * IC + Species * IC dun + LA + (1|date) 17 −349.7 792.4 0.002 75.1 80.0
Species * IC + Species * IC dun + Species * LA + (1|date) 21 −329.6 793.0 0.002 74.7 79.6

1 + (1|date) 3 −461.6 929.4 0.000 0.0 39.9

Ingestion rate
Species * IC * IC dun + LA + (1|date) 22 −243.2 632.2 0.980 83.4 91.9

Species * IC + Species * IC dun + LA + (1|date) 17 −274 640.9 0.012 81.2 91.2
Species * IC * IC dun + LA + LA + (1|date) 23 −242.2 643.1 0.004 83.1 92.1
Species * IC + Species * IC dun + (1|date) 16 −279.6 643.5 0.003 78.9 91.4

1 + (1|date) 3 −410.1 826.5 0.000 0.0 45.0

Table 4. Morphometry, chemical composition and energetic value of the five algal species on a per
cell basis (mean and 95% confidence interval, in brackets). Values pertaining to lipid, carbon, nitrogen
and chlorophyll concentration (pg/cell) were obtained via direct analytical measurement, whilst
protein concentration and energetic content were calculated according to published conversion factors.
For each species, a sample size of N = 30 was used to determine the length and width, and N = 2 for
the other parameters.

Variable (unit) Dunaliella sp. T. lutea Chaetoceros sp. P. lutheri P. tricornutum

Length (μm) 7.92 5.01 9.18 5.91 18.92
(7.37–8.47) (4.77–5.25) (8.65–9.72) (5.51–6.3) (17.94–19.9)

Width (μm) 5.43 5.7 6.5 5.17 3.48
(5.15–5.71) (5.46–5.94) (6.1–6.9) (4.94–5.4) (3.31–3.64)

Carbon (pg/cell) 33.29 15.39 49.87 22.97 24.2
(33.01–33.58) (15.09–15.68) (48.56–51.18) (22.14–23.79) (23.71–24.69)

Nitrogen (pg/cell) 6.58 2.53 7.9 3.57 3.85
(6.54–6.61) (2.44–2.62) (7.44–8.36) (3.52–3.62) (3.73–3.97)

C/N 5.06 6.07 6.31 6.42 6.27
(4.99–5.13) (5.97–6.17) (6.11–6.51) (6.28–6.57) (6.2–6.34)

Chlorophyll (pg/cell) 1.05 0.35 0.75 0.58 0.31
(0.99–1.12) (0.32–0.38) (0.7–0.8) (0.55–0.6) (0.3–0.33)
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Table 4. Cont.

Variable (unit) Dunaliella sp. T. lutea Chaetoceros sp. P. lutheri P. tricornutum

Lipid (pg/cell) 15.58 6.79 17.33 10.54 9.93
(15.49–15.66) (5.48–8.09) (16.53–18.13) (8.96–12.12) (9.5–10.36)

Protein (pg/cell) 32.9 12.65 39.5 17.85 19.25
(32.7–33.05) (12.2–13.1) (37.2–41.8) (17.6–18.1) (18.65–19.85)

Energy (10−9 kJ/cell) 1.39 0.57 1.62 0.84 0.85
(1.38–1.40) (0.50–0.63) (1.53–1.70) (0.77–0.91) (0.81–0.88)

Figure 2. Filtration and ingestion rates for larvae fed with a 1:1 mixture of two algae species.
Predicted filtration (a) and ingestion (b) rates for each of the two algae for the four food mixtures.
Predictions are made using GLMM models. High treatment represents an initial concentration of
2500 cells·mL−1 (1250 cells mL−1 of each species) and low treatment an initial concentration of 1000
cells·mL−1 (500 of each species). The error bars represent the confidence intervals. The grey dotted
lines represent the predicted 95% confidence interval of filtration and ingestion rates for larvae fed with
Dunaliella sp. alone (filtration rate for 2500 and 1000 cells mL−1, half of the ingestion rate for 2500 and
1000 cells·mL−1 of Dunaliella sp.). Asterisks represent significantly different rates between Dunaliella
sp. and the second species (Student’s t-test; *: p < 0.05, **: p < 0.01; ***: p < 0.001). Tiso: Tisochrysis lutea;
Phaeo: Phaeodactylum tricornutum; Pavlova: Pavlova lutheri; Dun: Dunaliella sp.; Chaet: Chaetoceros sp.

Differences in filtration and ingestion rates between high and low treatments were significant for
all species (p < 0.05), except for the filtration rate of Dunaliella sp. when mixed with P. lutheri (p = 0.50)
or P. tricornutum (p = 0.81) or that of P. lutheri when mixed with Dunaliella sp. (p = 0.90). When offered
in a 1:1 mixture, the ingestion rate for Chaetoceros sp. was higher than for Dunaliella sp. regardless of
the initial concentration (56.6 and 44.2 cells larvae−1·h−1, respectively, in the high treatment) (p < 0.001;
Figure 2b). In contrast, ingestion rates of P. lutheri (17.3 cells larvae−1·h−1) and P. tricornutum (29.7 cells
larvae−1·h−1) in the high treatment were lower than those observed for Dunaliella sp. (25.8 and
40.2 cells larvae−1·h−1 for each mixture, respectively), although the difference was only significant for
P. tricornutum. T. lutea was ingested at a similar rate to Dunaliella sp. (p > 0.05) (Figure 2b). These results
are further substantiated by the electivity indexes (Figure 3): Dunaliella sp. was preferably consumed
over both P. tricornutum and P. lutheri, but not over Chaetoceros sp. There was no significant difference in
electivity between Dunaliella sp. and T. lutea. These preferences for individual algae were independent
of algal concentration at the two different concentrations measured.
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Figure 3. Electivity indices for larvae fed with a 1:1 mixture of two algal species. Mean electivity
index for each of the for food mixtures. High treatment (High T) represents an initial concentration of
2500 cells·mL−1 (1250 cells mL−1 of each species). Low treatment (Low T) corresponds to an initial
concentration of 1000 cells·mL−1 (500 of each species). The lower bars (Wdun, dark grey) represent the
electivity for Dunaliella sp. and the upper bars (Walg, light grey) represent the electivity for the second
algae present in the mixture. Electivity “Wdun” above 0.5 (grey dotted line) indicates that the larvae
selectively ingested Dunaliella sp. over the other species. The error bars are 95% confidence interval.

The importance of the predictor “species” in all models of filtration and ingestion rates for
Dunaliella sp. (Table 2) and for the second species (Table 3) showed that both rates were significantly
influenced by the presence of the other species. This effect was mainly caused by P. lutheri: when
Dunaliella sp. was offered combined with P. lutheri, its ingestion rate (25.8 algae larvae−1·h−1) was
reduced compared to when Dunaliella sp. was offered in isolation (44.2 algae larvae−1·h−1) (dashed line
on Figure 2b, top panel). The presence of other species did not have a significant effect on Dunaliella sp.
consumption, with the exception of T. lutea at the low concentration. In that case, the consumption of
Dunaliella sp. appeared slightly enhanced in the presence of T. lutea: indeed, we measured an ingestion
rate of 28.5 algae larvae−1·h−1 for 500 algae·mL−1 of Dunaliella sp. offered in a 1:1 mixture with T. lutea
against 20.3 algae larvae−1·h−1 for twice the same amount of Dunaliella sp. offered as a single species
(Figure 2).

3.3. Algae Quality

The five algal species presented a variety of morphologies and crude nutritional compositions
(Table 4). P. tricornutum was long and thin in shape, whereas the other species were roughly spherical.
All species were of a different size, Chaetoceros sp. being the widest and, with a length of 9.2 μm,
the second longest after P. tricornutum (18.9 μm in length). The content of each species varied with
respect to the concentration (pg·cell−1) of total lipid, total protein, carbon, nitrogen and chlorophyll.
In accordance with its larger size, Chaetoceros sp. contained the highest cell-specific content of all
constituents with the exception of chlorophyll, which was found in highest abundance in Dunaliella sp.
(Table 4). Conversely, T. lutea (the smallest species) contained the lowest concentrations of these
constituents followed by P. lutheri and P. tricornutum. Differences in crude nutritional composition
subsequently manifested in clear trends relating to the energetic content of the algal cells. Chaetoceros sp.
and Dunaliella sp. contained the highest energy levels with 1.6 × 10−9 and 1.4 × 10−9 kJ·cell−1,
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respectively, while in comparison, T. lutea contained less than half the amount of total energy
(0.6 × 10−9 kJ·cell−1).

Based on algal energetic contents combined with effective ingestion rates, the greatest energy gain
in the single species experiment resulted from the ingestion of Dunaliella sp. in the high concentration
treatment (12.2 10−8·kJ·larvae−1·h−1). In the same experiment, the greater ingestion of T. lutea only
resulted in 5.7 10−8 kJ·larvae−1·h−1 due to its lower energy content. In the mixed-species experiment,
the greatest energy gain was obtained from the ingestion of Dunaliella sp. and Chaetoceros sp. in
combination (15.32 10−8 kJ·larvae−1·h−1) followed by that of Dunaliella sp. mixed with T. lutea
(9.15 10−8 kJ·larvae−1·h−1).

4. Discussion

Acanthaster cf. solaris (CoTS) larvae on the Great Barrier Reef are exposed to a diverse array of
food choices to fuel their development through to settlement and metamorphosis [36]. The rate at
which they select and consume these food items ultimately drives their rate of development and
probability of survival, which is likely a major driver of CoTS population dynamics and probability
of outbreak [37,38]. In the current experiments, algal consumption by CoTS larvae increased with
algal concentration. As generally observed for other echinoderm larvae [10] and in CoTS subjected
to short-term experiments with algal concentrations similar to those used here [7,12,13], this result is
directly linked to an increased opportunity for larvae-algae interactions when algae are provided in
abundance. However, clear differences appeared in larval consumption based on the algal species and
quantity being offered (Figure 4).

Figure 4. Conceptual synthesis of the results indicating relatively consistent ranking of the algal
species based on ingestion rates (left and middle) and energy content (right), with the exception of
Tisochrysis lutea (yellow). Overlapping bullets indicate non-significant differences (left and middle)
or ambiguous ranking (right; e.g. Chaetoceros sp. had the highest energy content, but Dunaliella
sp. had the greatest chlorophyll-a concentration; see Table 4 for details). Only Tisochrysis lutea
showed an inverse ranking across gradients (as indicated by the dashed yellow line). TISO: Tisochrysis
lutea; DUN: Dunaliella sp.; CHAET: Chaetoceros sp.; PHAEO: Phaeodactylum tricornutum; PAVLOVA:
Pavlova lutheri.
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The ability of CoTS larvae to discriminate and select the food they ingest was evident in the present
study. Aside from the particular case of T. lutea (see below), Dunaliella sp. or Chaetoceros sp. were
selectively ingested over P. lutheri and P. tricornutum in both the single- and mixed-species experiments
(Figure 4). In particular, in the mixed-species experiment, a clear preference appeared for Chaetoceros sp.,
which was selectively ingested over Dunaliella sp. In contrast, Dunaliella sp. was preferred over both
P. lutheri and P. tricornutum, as indicated by the lower ingestion rates and electivity indices observed
for these two species. Chaetoceros sp. was the only species naturally present on the Great Barrier Reef,
which could explain why it was selectively ingested over other species. Interestingly, these results
also follow the trends observed in food quality and energy content, with Chaetoceros sp. having the
highest content of energy, lipid, protein, carbon and nitrogen, whereas the lowest energy content was
found for P. lutheri followed by P. tricornutum. This result indicates that, when offered a mixture of two
algal species, CoTS larvae selectively ingested the species with higher energetic content when cells are
present in abundant concentration. Consumption can be driven by the presence of primary metabolites
(e.g., proteins, amino acids, sugars), with individual food items exhibiting unique primary metabolite
ratios that distinguish one food source over another [39]. However, other factors relevant to cell
morphometry, anti-nutritional factors and cell wall digestibility (among others) cannot be overlooked,
and the exact mechanisms behind this discriminatory ability ultimately require further investigation.

Algal species that were selectively avoided by CoTS larvae (P. lutheri, P. tricornutum) were
both characterized by lower energy content (Figure 4), which can lead to lower development and
survival rates. Indeed, Lucas [7] found differences in development and survival for larvae fed with
different algal species, with larvae fed with P. lutheri rarely making it through their development cycle.
In addition to energy content, the size and/or shape of a particular algal species could also influence
its selective ingestion by CoTS larvae, with the second least preferred species (P. tricornutum) being the
only long and thin one. Okaji et al. [13] showed an effect of phytoplankton size on feeding rates, as well
as a preference for eukaryotes over cyanobacteria (probably also resulting from their difference in size).
Okaji et al. [13] also demonstrated that CoTS typically consume particles of 5–20 μm in equivalent
spherical diameter. The length of P. tricornutum (19 μm), being close to the end of this range, is thus
likely to hinder its ingestion by CoTS larvae. Furthermore, the thick cell walls of P. tricornutum could
also reduce the rates of digestion and assimilation [7].

The case of T. lutea was somewhat particular in that no preference or avoidance was detected
in the mixed-species experiment, yet T. lutea was ingested at a much higher rate when offered as a
single species (Figure 4). Its low energy content meant that, despite more algal cells being ingested,
the consumption of this species led to the lowest energy gain for CoTS larvae. Such an impact was
demonstrated for other zooplankton species: for example, Baldwin [18] showed that oyster larvae
ingestion rates were three times higher for algae with a low C/N ratio than for algae with a high
ratio. Here, T. lutea was characterized by the lowest nitrogen content and second lowest C/N ratio,
indicating that CoTS larvae would need to consume more of this species than the others to satisfy
energy requirements.

The interaction between algal species affected their filtration and ingestion rates by CoTS larvae,
with both rates for Dunaliella sp. being significantly influenced by the other species present in the
mixture. Notably, the presence of P. lutheri reduced the ingestion of Dunaliella sp. by CoTS larvae,
without increased uptake of the former species. A similar phenomenon was previously reported for
larvae of the brittle star Ophiopholis aculeata and the sea urchin Strongylocentrotus droebachiensis [10].
In these species, the presence of the diatom Ditylum brightwellii reduced the feeding rate on smaller
celled algae. Similarly, the inadvertent ingestion of P. lutheri by CoTS larvae may have stopped the
larvae from feeding all together, but the exact mechanisms underpinning food selection (and how the
ingestion of one species influences that of another) remain unclear. In fact, the filtration theory for
suspension feeders is still controversial, as it does not explain the variable ingestion rates observed
for different particles [40,41]. A study on sand dollar Dendraster excentricus larvae found that they
selectively fed on specific particles and refused to capture or ingest others [42], while a more recent
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study showed that those larvae concentrated food particles without filtration [43]. Instead they use a
different mechanism, actively capturing the particles by reversing the beat of a small portion of their
cilia. In doing so, they reversed the movement of a small and targeted amount of water and were
thus able to select which particle to consume. The ability of CoTS larvae to select their food could be
explained by such a mechanism, but this hypothesis needs to be further investigated.

The ingestion and filtration rates found in this study were consistent with those reported by
Lucas [7] based on incubation times of 24 h, but differed from the higher rates reported by Ayukai [12]
and Okaji et al. [13] in short-term studies (5–30 min). In a copepod feeding experiment, Frost [44] found
that copepods had abnormally high ingestion rates during the first few hours of feeding, which could
be an artefact of the imposed period of starvation prior to the beginning of the experiment. As such,
the high feeding rates reported by Ayukai [12] and Okaji et al. [13] likely correspond to the elevated
cell intake that manifested only over a short experimental duration.

Preference for a particular algal species is likely to be taxon-specific. Together with T. lutea, P. lutheri
represented the best diet for the larvae of Saccostrea commercialis, a commercially important oyster [45].
Pecten maximus larvae (scallop) have been shown to perform favourably when subjected to P. lutheri
as a food source, but poorly when Dunaliella tertiolecta was offered [46]. In contrast, in the present
study, CoTS larvae exhibited a significant preference for Dunaliella sp. over P. lutheri, a trend previously
observed for Crassostrea gigas larvae (oyster) [47]. Indeed, oyster larvae fed with P. lutheri exhibited
significantly lower growth and survival rates than the same larvae fed with Chaetoceros calcitrans [47].
Similar to CoTS, this trend might reflect the positive effect of a more energetic food source on ingestion
and subsequently growth and survival. However, although facultative food intake in the early life
stage of echinoids can influence individual condition, this does not necessarily translate into differences
in growth and individual size [48]. Nutritional requirements seem to vary widely between species and
life stages, meaning that the presence/absence of a single essential nutrient (specific to each species
and development stage) will likely have a major impact on larval performance.

Phytoplankton concentration in the natural environment is often estimated using chlorophyll-a
concentration as a proxy. On the Great Barrier Reef, long-term monitoring programs on the inner
shelf region estimated a chlorophyll-a concentration of 0.5 μg·L−1 on average [4], ranging between
0.2 and 4.6 μg·L−1 in flood plumes [22]. In this experiment, chlorophyll-a concentrations ranged from
0.3–1.0 μg·L−1 in the low treatment (1000 cells·ml−1) and from 0.8–2.6 μg·L−1 in the high treatment
(2500 cells·mL−1), which is consistent with the ranges reported on the Great Barrier Reef.

Phytoplankton composition is highly variable through different regions and flood conditions [22],
yet little is known on the exact species being present, their seasonal succession and spatial distribution.
Likewise, information pertaining to the energetic content and nutritional value of these species is
minimal and requires in-depth investigation. This is especially apparent considering the discriminatory
feeding nature of CoTS and the previous demonstration of nutritional augmentation of growth and
survival in other larval echinoderm species in response to varying phytoplankton feed sources [49].
The highest phytoplankton concentrations in flood plumes of the Great Barrier Reef were dominated
by Skeletonema sp. (a coastal diatom of 2–21 μm in diameter) that reached up to 4422 cells mL−1,
followed by Chaetoceros sp., which reached concentrations of 150 cells·mL−1 [22]. Although the
other algal species considered in this study are commonly used in aquaculture and in the size
range consumed by CoTS, they are not naturally present on the Great Barrier Reef, and future
studies should focus on natural assemblages, pending sufficient knowledge of their composition.
In particular, future studies should consider using Skeletonema sp., although its chain-forming nature
indicates it is an unlikely food for echinoderm larvae and may hamper its quantification by flow
cytometry. Consistent with previous studies (e.g., [7–9,38]), we used larval densities between
0.5 and 1.5 larvae·mL−1, which is much higher than reported in the only published studies on
CoTS natural larval densities [50]. Although studies at such low densities are near impossible to
conduct, future studies should investigate how lower larval densities affect CoTS larval feeding
ecology. High-throughput genetic techniques, such as next generation sequencing, now allow further
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insight into GBR phytoplankton dynamics and composition. Ultimately, improved knowledge of
phytoplankton composition and its effect on food uptake by CoTS larvae will help elucidate the CoTS
outbreak dynamics and triggers.
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Appendix A

Table A1. Initial algal concentrations determined by flow cytometry in comparison to expected values.

Experiment/Treatment
Expected Initial

Concentration (cells·mL−1)

Actual Measured Concentration (cells·mL−1)

Mean ± Standard Deviation Minimum-Maximum

Single-species
Low concentration 1000 848 ± 180 520–1210
High concentration 3000 2563 ± 500 1530–3780

Mixed-species
(total concentration)
Low concentration 1000 947 ± 131 740–1310
High concentration 3000 848 ± 180 1860–3630

Mixed-species
(individual concentrations)

Low concentration 500 461 ± 110 340–760
High concentration 1500 1315 ± 252 850–2070
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Abstract: The dispersal potential of crown-of-thorns starfish (CoTS) larvae is important in
understanding both the initiation and spread of population outbreaks, and is fundamentally
dependent upon how long larvae can persist while still retaining the capacity to settle. This study
quantified variation in larval survivorship and settlement rates for CoTS maintained at three
different densities of a single-celled flagellate phytoplankton, Proteomonas sulcata (1 × 103, 1 × 104,
and 1 × 105 cells/mL). Based on the larval starvation hypothesis, we expected that low to moderate
levels of phytoplankton prey would significantly constrain both survival and settlement. CoTS larvae
were successfully maintained for up to 50 days post-fertilization, but larval survival differed
significantly between treatments. Survival was greatest at intermediate food levels (1 × 104 cells/mL),
and lowest at high (1 × 105 cells/mL) food levels. Rates of settlement were also highest at intermediate
food levels and peaked at 22 days post-fertilization. Peak settlement was delayed at low food levels,
probably reflective of delayed development, but there was no evidence of accelerated development at
high chlorophyll concentrations. CoTS larvae were recorded to settle 17–43 days post-fertilization,
but under optimum conditions with intermediate algal cell densities, peak settlement occurred at
22 days post-fertilization. Natural fluctuations in nutrient concentrations and food availability may
affect the number of CoTS that effectively settle, but seem unlikely to influence dispersal dynamics.

Keywords: Acanthaster; coral reefs; food limitation; larval competency; planktonic larval
duration (PLD)

1. Introduction

Sessile and benthic marine invertebrates are fundamentally dependent on the larval phase of
their lifecycle for dispersal away from natal reefs, which is important for enabling colonization
of new habitats, recolonization following population depletion, and genetic exchange among
sub-populations [1,2]. Despite the short larval duration of most marine organisms (days to months),
larvae may be dispersed over great distances [2]. Importantly, ecologically and evolutionarily
significant levels of genetic exchange occur over very large (even oceanic) scales (e.g., [3]). There is
however, evidence for some species that most of the larvae (up to 60%) settling on a given reef are
of local origin [4], implying that most larvae may not even travel beyond the confines of a single
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reef. Ultimately, there may be two distinct modes (short versus long, retention versus dispersal,
or self-recruitment versus departure) in the range of dispersal distances for individual species [5].
Variation in dispersal within and among cohorts of larvae will have a critical influence on population
dynamics and persistence for widespread species [5].

For crown-of-thorns starfish (Acanthaster spp.), hereafter referred to as CoTS, the proportion of
larvae that are retained versus dispersed is important in understanding both the initiation and spread
of population outbreaks [6–8]. Strong larval retention is fundamental to the progressive accumulation
of CoTS within a given location, which is increasingly viewed as the predominant mechanism that gives
rise to primary outbreaks [6,7]. On the Great Barrier Reef (GBR). Woolridge and Brodie [7] suggested
that rates of larval retention vary among years with changes in ENSO driven ocean current velocities,
and that initiation of outbreaks is coincident with periods of “strong local clustering”, where there
are high levels of retention at individual reefs or within tightly packed reef clusters. Once established,
initial outbreak populations then give rise to large numbers of larvae that often spread to other reefs.
Moreover, dispersal to other downstream (generally southerly) reefs is facilitated by increases in
ocean currents and relaxation of the strong local clustering [7]. This larval retention hypothesis [7] is
particularly tenable because it explains why major flood events and nutrient enrichment in near reef
waters do not necessarily initiate outbreaks of CoTS, but may facilitate rapid proliferation and spread
of outbreaks across the GBR. Moreover, changes in rates of larval retention versus dispersal may be
facilitated by shifts in larval development rates and settlement behaviour due to natural fluctuations
in nutrients and food availability. Yet, little is known about how food availability may influence
developmental rates for crown-of-thorns starfish larvae.

Aside from local hydrodynamics and larval behaviour, two fundamental parameters that influence
the retention versus dispersal of marine larvae are (i) the minimum pre-competency period, which is
the time taken (in hours or days) for larvae to complete necessary development prior to being
physiologically and morphologically capable of settling; and (ii) the maximum competency period,
which is the longest period that larvae can remain in the plankton (often dictated by their initial
energy reserves and/or capacity to sustain themselves) and still retain the ability to successfully settle.
The minimum pre-competency period has a strong bearing on the extent to which larvae are likely
retained on their natal reef(s), whereas the maximum competency period is fundamental in establishing
how far larvae could potentially spread. Marine fishes typically exhibit very narrow ranges in their
planktonic larval duration (PLD) (i.e., only a few days separate the maximum competency period
and minimum pre-competency period), especially for species with short pre-competency periods [9].
For fishes, therefore, individual variation in dispersal is largely attributed to traits that influence their
physical capacity (e.g., swimming performance and navigation ability) to extend dispersal distances
or return to their natal reefs despite limited differences in larval duration [5]. Marine invertebrates
however, may be competent for highly protracted periods, such that individuals from the same cohort
may settle anywhere from several hours to many months after fertilization [10,11] depending on their
nutritional status and exposure to settlement cues.

Acanthaster spp. have been successfully cultured under laboratory conditions since the early
1970s [12], largely for the purposes of understanding their developmental biology. Initial rearing
experiments, where larvae were maintained at 24–25 ◦C for the formative stages of development
(until larvae reached late bipinnaria at day 21) resulted in PLD estimates of 30–47 days, with a mean of
38 days [12]. However, CoTS generally spawn only when sea surfaces temperatures are ≥27 ◦C [13],
and larvae develop more quickly at higher temperatures [14,15]. Lamare et al. [14] showed that
development rates of CoTS from Australia’s GBR were maximized at or above 28.7 ◦C, at which
temperature, larvae may complete development and be competent to settle within 12 to 14 days [16].

Aside from the effects of temperature, variation in larval survivorship and rates of larval
development for CoTS are also influenced by nutrient concentrations and food availability (e.g., [17]).
One of the foremost hypotheses asserting that outbreaks of CoTS are exacerbated (if not caused) by
anthropogenic activities, the larval starvation hypothesis, links the initiation and/or spread of outbreaks
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to elevated nutrient concentrations caused by intensive agriculture in adjacent catchments [18,19].
This idea is largely predicated on marked differences in the proportion of CoTS larvae that complete
development over relatively moderate ranges of chlorophyll concentrations [19]. Fabricius et al. [19]
showed that developmental success is effectively zero at <0.25 μg·L−1 chlorophyll compared to
100% at 2–4 μg·L−1 chlorophyll. It is suggested therefore, that elevated chlorophyll concentrations
caused by run-off from modified catchments during intensive storms will reduce constraints on
larval survivorship and recruitment imposed by normally low-levels of nutrients and food [19].
More recent studies have, however, shown that very high levels of nutrients are deleterious to larval
development for CoTS, while larval growth and development are maximized at close to normal
background concentrations of chlorophyll [20]. These studies [17,20] compare the size and fate of CoTS
larvae at specific time intervals (e.g., at 4 days old) across different nutrient concentrations, but it is
unknown to what extent nutrient concentrations may influence the competency periods, and therefore
dispersal potential, of crown-of-thorns starfish larvae.

In this study, we quantify variation in larval survivorship and settlement rates for CoTS
maintained at three different food treatments. Based on the larval starvation hypothesis (e.g., [19]),
we expected that starfish subject to very low food availability would develop more slowly and have
lower survivorship compared to larval cultures maintained with higher cell densities of phytoplankton.
Accordingly, we expected that increases food availability would increase rates of development,
thereby reducing the minimum pre-competency period. High food availability meanwhile, are also
expected to greatly extend the maximum competency period, both by increasing rates of survivorship
and provisioning larvae with resources necessary for metamorphosis at settlement. It is known
however, that excess food can inhibit filter feeding and digestion by CoTS larvae, ultimately leading
to arrested development and high levels of mortality [17]. While previous studies (e.g., [17,20]) have
compared the size, development and survival of larvae of CoTS at set intervals in their development
(to explicitly test the effects of food availability among individuals of equivalent age), this study looks
at overall longevity and competency of larvae to test whether increased food availability will expedite
development, potentially leading to higher rates of larval retention. Alternatively, elevated nutrients
and food availability may extend the maximum competency period for CoTS larvae and therefore,
facilitate greater dispersal.

2. Materials and Methods

2.1. Larval Culture and Settlement Experiments

Adult Acanthaster cf. solaris [21] were collected from the GBR near Cairns, Australia (16◦55′

S, 145◦46′ E) by control divers employed by the Association of Marine Park Tourism Operators
(AMPTO) and air freighted to the National Marine Science Centre, Southern Cross University at Coffs
Harbour, NSW, Australia. Eggs from three female starfish were collected, pooled and fertilized using
sperm from three males, following Kamya et al. [22]. Fertilized embryos were reared for two days
in an aerated 300-L cylindro-conical tank at ~28 ◦C at a density of 2.5 larvae·mL−1. After 2 days
(coinciding with the onset of feeding), larvae were distributed among replicate 1-L cylindro-conical
containers and subject to one of three different feeding/nutrient treatments. Larvae were reared in
1-L cylindro-conical containers in filtered (5 μm) seawater at a density of 1.2 larvae·mL−1 and fed
Proteomonas sulcata at 1, 10 and 100 × 103 cells·mL−1, respectively (Wolfe et al. 2015 [20]). Proteomonas
sulcata is a single-celled flagellated phytoplankton that is 7–10 μm long, and within the size range
of food particles readily consumed by CoTS [23,24]. There were 10 replicates for each distinct algal
density and chlorophyll concentration. Containers were maintained in a climate-controlled room at
28.5 ◦C (±0.2 ◦C). Larvae were fed daily after a 100% water exchange. Larval cultures were moved to
new containers every 2–3 days.

To follow survival, the number of larvae in each container was quantified every 2–3 days
by extrapolating the number of larvae counted in 20 mL subsamples taken from each container.
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However, when larval density was <0.1 larvae·mL−1, all of the larvae were counted. Survival rates
were calculated as the number of larvae remaining out of the total added to the container at the start of
the experiment, while also adjusting for larvae removed from the containers for settlement assays and
for larvae that spontaneously settled in the containers, from 17 days onwards. Importantly, estimates
of survivorship in this laboratory-based study are likely to be much higher than expected in the field,
where sustained predation on gametes and larvae [25] may result in very high rates of mortality [26].

Settlement assays were undertaken from 17 days post-fertilization, which was the first day at
which late-stage brachioloaria with well-developed rudiments were observed across all treatments,
thereby enabling comparisons of settlement rates across treatments. Settlement assays were conducted
in 36 mm plastic petri dishes containing 4 mL of fresh seawater, and a 1 cm2 crustose coralline algae
(CCA) encrusted polycarbonate plate to induce settlement [27]. For each assay, there were three
replicates from each larval container with 10 larvae per replicate, although this was reduced to one
replicate when there were less than 100 larvae in a container. Settlement rates were quantified after 48 h.
All newly settled, 5-arm juveniles were photographed in seawater, aboral side up, and flat to the plane
of focus using a camera (Olympus DP26) mounted on a stereomicroscope. Area of the juveniles was
measured from the photographs using Image-J image analysis software (National Institutes of Health,
Bethesda, MD, USA). Settlement assays were conducted 17, 22, 29, 36 and 43 days post-fertilization.
Thereafter, there were too few larvae in any of the treatments to effectively test for settlement.

2.2. Statistical Analyses

Larval survival was estimated from sub-sampling rather than a complete census, so traditional
methods of survival analysis were not appropriate. Instead, we modeled counts using non-linear
splines (GAMMs; [28]) assuming Poisson error and a log link function. More specifically, we examined
counts of surviving larvae using models with a categorical treatment effect, and treatment specific
cubic regression splines; splines were estimated with shrinkage, meaning that smoothness selection can
zero a term completely [28], and the number of knots was set to 4 for all smooths to prevent over-fitting.
Additionally, replicate was fitted as a random effect. All models were estimated using the gamm4
package [29]. Overall goodness-of-fit was checked using standard techniques (e.g., residuals plotted
against all explanatory variables and fitted values from the models).

Settlement assay data were reduced to observations where the numbers of larvae available per
settlement assay were known before analysis. This resulted in a data set of 292 observations for all
age-treatment combinations, with replication at each combination ranging from 1 to 30. Due to this
unbalanced design, we modeled the probability of successful settlement using a generalized linear
mixed effects model (GLMM) with binomial error and a logit link function. Age (continuous) and
treatment (categorical: three levels) were modeled as fixed effects; replicate and assay were modeled
as random effects, with assay (up to three per replicate) nested within replicate (up to 10 replicates per
age-treatment combination); age was centered by subtracting the mean age from all observed ages
before model fitting. To examine potential nonlinearities in settlement probability with larval age and
age-by-treatment interactions, we fit a model with a second-order term for age, and an age-treatment
interaction term. Initial model fits suggested that data were over-dispersed, and the beta-binomial
was supported over the binomial distribution (likelihood ratio test: X2 = 84.62, df = 1, p < 0.001).
Models were estimated using maximum likelihood in the glmmADMB package [30,31] in R 3.3.1 [32].
We assessed the significance of fixed effects using type II Wald’s chi-square tests, and the fit of models
and their conformity to statistical assumptions were visually inspected using standard techniques
(i.e., plots of residuals versus fitted values, and all covariates).
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3. Results

3.1. Larval Survival

Larval crown-of-thorns starfish were successfully maintained in 1-L cylindro-conical containers for
up to 50 days post-fertilization, though most larvae had died or settled within 30 to 40 days. Mean larval
survival differed significantly between treatments (i.e., the parametric treatment component was
significant: X2 = 470, df = 2, p < 0.001; see Table 1 for individual terms), and was greatest at
intermediate (1.0 μg·L−1) chlorophyll concentrations, followed by the low and the high chlorophyll
concentrations (Table 1; Figure 1). There were initially high rates of larval mortality across all treatments,
but mortality rate decreased (between approximately 15 and 22 days) at low to intermediate chlorophyll
concentrations, before increased rates of mortality after 30 days (Figure 1). Larval survival initially
decreased at similar rates for the high and low food treatments, but the initial loss of larvae was slower
in the medium food treatment. At high algal concentrations, high rates of early post-fertilization
mortality continued in an exponential-like decay throughout the experiment, such that the maximum
longevity of larvae was only 36 days.

Table 1. Estimates of the (a) parametric coefficients and (b) the approximate significance of the smooth
terms of the survival model (Poisson error distribution, log link functions). Parametric intercept term
represents the low food treatment.

(a) Parametric Coefficients Estimate Std. Error p

Intercept 4.59 0.05 <2 × 10−16

treatment (medium) 0.51 0.04 <2 × 10−16

treatment (high) −3.50 0.23 <2 × 10−16

(b) Smooth Terms edf Ref.df Chi.sq p

s(time) treatment (low) 2.997 3 12,436 <2 × 10−16

s(time) treatment (medium) 2.998 3 9927 <2 × 10−16

s(time) treatment (high) 2.985 3 10,680 <2 × 10−16
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Figure 1. Non-linear effects of increasing food availability on larval survivorship and settlement for
crown-of-thorns starfish (Acanthaster cf. solaris) from Australia’s Great Barrier Reef: (A–C) Absolute
larval survivorship between 1 and 50 days post-fertilization for each of ten replicate cultures
maintained at low (0.1 μg·L−1), medium (1.0 μg·L−1) or high (10 μg·L−1) chlorophyll concentrations;
(D–E) Proportion of larvae (n = 10–30 per culture) that successfully settled 17, 22, 29, 36 and
43 days post-fertilization for each of the ten replicate cultures maintained at low (0.1 μg·L−1),
medium (1.0 μg·L−1) or high (10 μg·L−1) chlorophyll concentrations. Lines show the predictions
from the GAMMs fit to the survival data (A–C), and from the GLMMs fit to the settlement data (D–F);
shaded areas depict 95% confidence intervals (all panels).

140



Diversity 2017, 9, 2

3.2. Probability of Successful Settlement

Although larvae were maintained for up to 50 days post-fertilization, too few larvae persisted
beyond 43 days post-fertilization to enable effective tests of competency. Even at 43 days
post-fertilization, few of the larvae tested were capable of settling, and mainly from the low algal food
treatment. The probability of a larva successfully settling depended on both age and food treatment
(Figure 1). We found strong evidence for settlement probability being a non-linear function of age
(age2 term was significant: X2 = 6.35, df = 1, p = 0.01), and there was strong support for an interaction
between food treatment and age (X2 = 15.45, df = 2, p < 0.001). Settlement probability was highest
for the medium food treatment (1 μg/L) and peaked at around 22 days. Settlement probability
was also greatest around the 22-day point for the high food (10 μg/L) treatment, but declined
precipitously thereafter and none of the larvae from this treatment settled on days 36 and 43. For larvae
from the low food treatment (0.1 μg/L chlorophyll A), settlement probability peaked at around
30 days post-fertilization, and some larvae successfully settled at day 43. However, peak settlement
probabilities in the low food treatment were much lower than those observed in the intermediate food
treatment (Figure 1).

The algal concentrations to which larvae were exposed appeared to affect the size of CoTS that
settled at 17 days, whereby starfish from the low (0.1 μg·L−1) chlorophyll concentration were one-third
of the size (0.13 mm2 ± 0.03 SE; n = 2) of the settled starfish from intermediate (0.43 mm2 ± 0.60 SE;
n = 10) and high (0.44 mm2 ± 0.56 SE; n = 8) algal concentrations. However, too few larvae settled in
the low food treatment to enable robust statistical comparisons of size at settlement, and any effect of
algal treatment on size at settlement disappeared after 22 days post-fertilization.

4. Discussion

4.1. Non-Linear Effects of Increasing Food Availability on Larval Survivorship and Settlement

This study shows that variation in phytoplankton concentrations has a significant effect on
both larval survivorship and settlement rates for CoTS, as would be expected for planktotrophic
larvae [17,20]. It was also apparent that increasing concentrations of phytoplankton can expedite
development such that peak settlement rates occurred 22 days post-fertilisation at intermediate and
high food levels but were delayed (until 29 days) at low food levels. However, at least some larvae
were recorded to settle at 17 days post fertilization across all treatments. Overall survivorship and
settlement rates were maximized at intermediate food levels (1 × 104 cells·mL−1 of Proteomonas sulcata)
algal concentrations, and lowest at high (1 × 105 cells·mL−1) food levels. There is little doubt that very
low chlorophyll concentrations (0–0.01 μg·L−1 chlorophyll) constrain food intake by CoTS [17,20], and
thereby potentially constrain growth, development and survival. However, CoTS larvae may be very
resilient to limited food availability [16] and/or derive nutrients from prior maternal provisioning [33]
or from other exogenous food sources [34,35], especially in the wild. Unlike Fabricius et al. [19]
which showed that CoTS larvae failed to develop at chlorophyll concentrations <0.25 μg·L−1, we found
limited effects on larval survivorship at chlorophyll concentrations of even 0.1 μg·L−1, and at these
low levels of food availability we still recorded moderate levels of settlement. These differences may
be explained by variation in the chlorophyll concentrations of different microalgae, whereby cell
densities used in the current study (1–100 × 103 cells·mL−1) are very high relative to the cell
densities used by Fabricius et al. [19], suggesting that P. sulcata has a very low cell specific chlorophyll
concentration. Future studies should therefore focus on comparing specific cell densities, rather than
using chlorophyll concentrations as a proxy for food availability. In the current study, high cell
densities (1 × 105 cells·mL−1) were more deleterious for larval survival and settlement than the lowest
cell densities (1 × 103 cells·mL−1) tested.

Deleterious effects of excessive cell densities on planktotrophic larvae of CoTS were first apparent
based on sustained declines in filtration rates with increasing cell densities above 100 cells·mL−1 [17].
At very high cell densities (>5 × 103 cells·mL−1), Lucas [17] noted that ingestion rates tended
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to plateau and only a fraction of algal cells were actually digested. Accordingly, CoTS larvae
exposed to cell densities of >5 × 103 cells·mL−1 for Dunaliella primolecta and >1 × 104 cells·mL−1 for
Phaeodactylum tricomutum had arrested development and poor survival [17]. Larvae may be overfed
at extremely high cell densities, and the alimentary canal is so congested with cells that digestion is
impeded and rates of assimilation are substantially reduced [17]. In bivalve cultures, overfeeding of
larvae has resulted in increased incidence of bacterially related diseases [36]. However, it was
considered very unlikely that CoTS larvae would ever be exposed to supra-optimal algal cell densities,
and much more likely that larval development and survival would be constrained by low food
availability [17]. Moreover, the highest algal concentrations used in this study (10 μg·L−1 chlorophyll
at cell densities of 1 × 105 cells·mL−1 of P. sulcata) are well beyond what would normally be expected
on mid-shelf reefs of the GBR [37].

Chlorophyll concentrations recorded on or adjacent to coral reefs generally range from 0.2
to 0.6 μg·L−1 [35,37], which are well below optimum levels for growth and survival of CoTS
larvae (1.0–4.0 μg·L−1 chlorophyll; [19,20]). At mid-shelf reefs on the GBR, for example, chlorophyll
concentrations generally range from 0.2 to 0.5 μg·L−1 (e.g., [37,38]) except on inshore (coastal) reefs
or during extreme flood events. Moreover, chlorophyll concentrations in the wild do not accurately
reflect the availability of phytoplankton (nanoplankton) prey for CoTS larvae, but are bolstered by
significant quantities of picoplankton and microplankton (e.g., Furnas and Mitchell 1986). It is unclear
however, whether these low levels of suitable prey would necessarily constrain larval survival and
settlement. In our study, rates of survival for larvae up until 29 days post-fertilization (which is well
beyond the period of peak settlement) at low phytoplankton concentrations (0.1 μg·L−1 chlorophyll)
was still >50% of that for intermediate food levels (Figure 1). This suggests that even during “normal”
conditions, a significant portion of CoTS larvae could effectively settle on mid-shelf reefs on the
GBR. While moderate increases in algal concentrations may enhance survival and settlement of CoTS,
thereby potentially contributing to the initiation [19] and/or spread of population outbreaks [13],
it seems unlikely that normally low nutrient concentrations and algal densities would be sufficiently
low to actually prevent any CoTS larvae from completing development and effectively settling.

During extreme flood events, which are often considered to be potential triggers for initiating
outbreaks on the GBR [7,19], chlorophyll concentrations on inshore and mid-shelf reefs may exceed
10 μg·L−1 [39]. In the extreme, chlorophyll concentrations ≥18 μg·L−1 have been recorded along
the leading edge of flood plumes [39], where conditions are optimal for phytoplankton production.
Given increasing evidence of deleterious effects of high algal densities and chlorophyll concentrations,
such events may actually constrain larval development and settlement for Acanthaster sp., rather than
initiate outbreaks. Major flood events will also reduce salinity and increase levels of suspended
sediment, which are also deleterious for development and survival of CoTS larvae (Caballes et al.,
Unpublished manuscript). It is clear however, that survival and settlement of CoTS larvae increases
with moderate increases in chlorophyll concentrations (though limited data to resolve the optimum
levels for performance of CoTS larvae) and given their exceptional reproductive potential [40],
even small changes in the proportion of larvae that complete development and effectively settle
will significantly affect the incidence, if not severity, of population outbreaks.

4.2. Minimum and Maximum Competency Periods

This study extends the maximum-recorded longevity (to 50 days) for CoTS larvae, and
provides the first explicit evidence of extended competency for Acanthaster spp., up until 43 days
post-fertilization. However, previous studies have tended to focus on the minimum pre-competency
period [15] or more specifically, the minimum time taken for larvae to develop into late-stage
brachiolaria which are assumed to be competent to settle [12], and generally do not consider the
maximum competency period. In the current experiment, declines in the number of larvae after
30 days were caused by sustained settlement of competent larvae in experimental containers, as
well as punctuated mortality events (“crashes”) likely caused by instabilities in conditions. It is
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possible, therefore, under ideal conditions and with better constraints on spontaneous settlement, that
larval longevity for CoTS might extend well beyond 50 days. Prolonged survival and competency will
theoretically extend the maximum distances over which larvae can be dispersed [41], though maximum
rates of settlement will nonetheless occur after relatively finite periods and probably close to natal reefs.
At the medium (optimal) algal concentrations, after accounting for both larval survival and settlement
rates, we found that peak settlement for A. cf. solaris tended to occur within 22 days post-settlement.
It is possible, therefore, that few larvae would ever travel beyond the confines of individual reef
systems, especially on the GBR, where there is high water retention and extensive reef habitat [42].
Rather, relatively rapid development of CoTS may promote high levels of self-recruitment, or at least
significantly constrain dispersal among reefs.

This study had limited capacity to resolve differences in the minimum pre-competency period
for CoTS larvae exposed to three different algal concentrations. Rather, competency was established
only when late-stage brachiolaria larvae were observed across all treatments, thereby underestimating
the minimum pre-competency period (17 days). Previous studies have shown that CoTS larvae can
reach the late-stage brachiolaria stage within 9 to 11 days [43], though settlement has only ever been
documented ≥14 days post-fertilization [16]. This minimum pre-competency period is short relative to
other echinoderms with planktotrophic larvae [44], which will enhance larval retention and relatively
short-distance dispersal. On the GBR, the step-wise southerly progression of outbreaks suggests
that dispersal is limited to 1–2 degrees of latitude (~100–200 km) per generation [45,46], potentially
representing the maximum geographic extent of dispersal for individual larvae.

Genetic differentiation apparent when comparing among populations of CoTS in different
geographic regions (1000s of kilometers apart) suggest there are definitive constraints on larval
dispersal at oceanic scales [47,48]. In the extreme, it is now clear that there are several distinct species
of Acanthaster spp. [49,50], which must be maintained by limited larval and genetic exchange at
these ocean scales. Within regions however, there is often very limited genetic structure [47,51–53],
indicative of extensive genetic exchange via widespread dispersal of larvae. Timmers et al. [51]
investigated genetic connectivity among CoTS populations in the northern Pacific, and revealed
extensive gene flow along the 2500 km length of the Hawaiian archipelago, as well as between
Hawai’i and Johnston Atoll separated by 865km. Similarly, Harrison et al. [53] found no genetic
structure (using 27 optimized microsatellite loci) for outbreak populations of CoTS along the length
of Australia’s GBR. Distinct differences in levels of genetic structure within versus among regions,
suggests that larvae are sufficiently long-lived so as to be effectively dispersed among reefs within
regions, but largely incapable of dispersal among regions.

Existing connectivity models for CoTS [7,8] use idealized particle dispersal periods
(generally equivalent to PLDs) ranging from 1 to 28 days. While these particle dispersal periods
were largely determined by logistical constraints of the models, rather than the larval biology of
the study species, our study suggests that most CoTS larvae will generally settle within 22 days
post-fertilization. Low productivity of near-reef waters [37] may delay larval development and peak
settlement periods, though extended PLDs would be expected to lead to even higher rates of mortality
in the field, owing to sustained levels of predation. While it is possible that some larvae could settle
>43 days post fertilization, high rates of larval mortality (even higher than recorded in the current
study due to additional impacts of predation) will take an inevitable toll on the number of larvae that
persist after this period. It will be interesting to test whether refining existing connectivity models to
take account of constrained estimates of settlement windows will alter predictions of connectivity and
patterns in the spread of outbreaks. However, it is also necessary to try and establish the typical PLD
for CoTS larvae settling on the GBR, specifically comparing whether there are differences in settlement
patterns during the initiation versus spread of outbreaks.
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5. Conclusions

This study revealed significant differences in both larval survivorship and settlement rates
for CoTS across two orders of magnitude variation in cell densities of the phytoplankton,
Proteomonas sulcata. As expected, based on the larval starvation hypothesis, CoTS larvae exposed to
very low food levels (1 × 103 cells·mL−1 of Proteomonas sulcata) had lower survivorship and delayed
development compared to larvae maintained in intermediate food levels (1 × 104 cells·mL−1 of
Proteomonas sulcata). Conversely, very high algal cell densities (1 × 105 cells·mL−1 of Proteomonas sulcata)
did not accelerate development of CoTS larvae, nor extend their maximum competency period. Rather,
very high algal concentrations had an overwhelmingly negative effect on CoTS larvae, resulting in
much higher mortality rates from very early in larval development, compared to low and intermediate
food levels. This study reaffirms that moderate increases in food availability (up to 1.0–4.0 μg·L−1

chlorophyll, after accounting for the moderate contribution of suitable prey to field-based chlorophyll
concentrations; [19,20]) may lead to increases in rates of development, survival and settlement for
CoTS larvae. However, low levels of food availability may still enable significant rates of population
replenishment and settlement, while the greatest constraints on growth and survival of CoTS larvae
occurred at very high chlorophyll concentrations and phytoplankton densities.
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Abstract: The Great Barrier Reef (GBR) is currently experiencing widespread crown of thorns starfish
(CoTS) outbreaks, as part of the fourth wave of outbreaks since 1962. It is believed that these outbreaks
have become more frequent on the GBR and elsewhere in the Indo-Pacific and are associated with
anthropogenic causes. The two widely accepted potential causes are (1) anthropogenic nutrient
enrichment leading to the increased biomass of phytoplankton, the food of the planktonic stage of
larval CoTS; and (2) the overfishing of predators in the juvenile to adult stages of CoTS, for example,
commercially fished species such as coral trout. In this study, we show that the evidence for the
nutrient enrichment causation hypothesis is strongly based on a large number of recent studies in the
GBR. We also hypothesise that secondary outbreaks in the region between Cairns and Townsville can
also be enhanced by nutrient enriched conditions associated with the annual nutrient discharge from
Wet Tropics rivers.

Keywords: crown of thorns starfish; Great Barrier Reef; nutrient enrichment; larval survivorship

1. Introduction

The crown of thorns starfish (Acanthaster sp—CoTS) is a specialized coral-feeder and is found
across the Indo-Pacific. Populations of CoTS display cyclic oscillations between extended periods
of low-density with individuals sparsely distributed among large reef areas, and episodes of
unsustainable high densities, commonly termed ”outbreaks”. The outbreaks result in mass mortalities
of corals, with typically second-order and long-term consequences on various reef communities.
CoTS outbreaks usually spread widely across reef ecosystems in the Indo-Pacific and are driven
over large distances by larval transport, commonly leading to increases in benthic algae, a loss of
coral-feeding assemblages, an overall collapse of reef structural complexity, and a decline in coral
biodiversity and productivity [1,2].

CoTS is a naturally occurring animal on the Indo-Pacific coral reefs and seems to “normally” occur
in low densities on most reefs. However, our knowledge of the density of CoTS on reefs before 1960
is very limited. CoTS have caused widespread damage to many coral reefs in the Indo-Pacific over
the past six decades, as population”explosions” have occurred at regular intervals [1,3–5]. There have
been several opposing views as to the origin of the outbreaks, including both a “natural occurrence”
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hypothesis and various anthropogenic causes’ hypotheses [6]. However, given the huge number of
animals which were found on reefs across the Indo-Pacific by the 1970s [1], it has been suggested
that these “outbreaks” could not have occurred in the past, or alternatively, not at the frequency at
which they were occurring by the 1990s. Therefore, a range of anthropogenic possible “causes” were
postulated (reviewed in [1,5–7]).

The human causes which have been suggested for the CoTS population outbreaks include
the removal of predators (especially fish, such as the commercially fished coral trout) [8,9] and/or
increased larval survivorship due to increased phytoplankton food stocks associated with nutrient
enrichment [6,10–12]. However, the cause (or causes) of the outbreaks remains a controversial issue
and there are several opposing views in the literature [5]. One view postulates that population
outbreaks are a natural phenomenon, due to the inherently unstable population sizes of highly fecund
organisms such as CoTS [13]. Outbreaks have also been attributed to anthropogenic changes to the
environment of the starfish, with a range of possible causes including: the removal of adult predators,
particularly fish [8] and the gastropod Charonia tritonis [1]; changes to population structures of predators
in larval and juvenile stages, caused by chemical (possibly pesticide) pollution [14,15]; the destruction
of larval predators, particularly corals, by construction activities on reefs; and larval food supply
(phytoplankton) enhancement from nutrient enriched terrestrial runoff [6].

Outbreaks of the pacific CoTS species, A. cf. solaris, on the Great Barrier Reef (GBR) have been
traditionally divided into primary outbreaks and secondary outbreaks (Figure 1). Primary outbreaks
originate in the “initiation area” between Cairns and Lizard Island. The conditions which are believed
to be necessary for the initiation of an outbreak wave include a sufficient coral biomass for food [12],
nutrient enrichment and a high biomass of phytoplankton to sustain larval survivorship [11], and
suitable oceanographic conditions so as to retain high local connectivity and/or within-reef larval
retention [16,17]. Following the initiation of a primary outbreak, massive larval production [18] leads to
secondary outbreaks to the north and south of the initiation area, with a wave of secondary outbreaks
occurring to the south of the initiation area from Cairns towards Townsville, over approximately
eight to nine years after the primary outbreak and then offshore from Mackay (12 years after primary
outbreak), after which the outbreaks appear to diminish [5]. This contribution examines the latest
research on the nutrient enrichment hypothesis for CoTS outbreaks, with a specific focus on the GBR,
north-eastern Australia. We highlight the importance of understanding the life history stages of CoTS
development and the influence of nutrients on the larval stage, and for the first time, we examine the
potential role of river-discharged nutrients on triggering and sustaining secondary CoTS outbreaks on
the central GBR. We also reinterpret recent works on the potential causes of CoTS outbreaks in the
southern GBR.

2. Mortality of COTS at Different Life History Stages

The nutrient enrichment hypothesis for CoTS outbreaks centers on the increased survivorship
during the larval stage of development, although there is little robust knowledge on the rates of
mortality at their different life stages. Keesing and Halford [19,20] studied mortality rates at the
small settled juvenile stage (0.5–5.5 mm) and found high rates (6.49% d−1) for one month old starfish
(mean size = 1.1 mm). The mortality rates decreased considerably with increasing age, revealing
a value of 1.24% d−1 for four month old starfish (2.7 mm) and 0.45% d−1 for seven month old
starfish (5.5 mm) [19,20]. The results highlighted that mortality rates in these early life stages may be
strongly influenced by both predators (epibenthic fauna) and food availability [21]. These experiments,
involving the exclusion of predators, indicated that the major source of mortality was predation by
epibenthic fauna for juvenile CoTS. Results also show that, in the presence of an adequate food supply,
juvenile CoTS move very little, suggesting that juvenile survival is enhanced by settling in areas,
whereas predation is minimal.

It has been suggested that the larval stage, especially at the brachiolaria stage where the larvae
requires an external food source, is likely to display high mortality rates [6,10], but no field data exist
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to support this hypothesis [7]. However, laboratory experiments show that very low numbers of larvae
are able to reach competency in food limited conditions [10,12,22–24]. In addition, predation would
also be a factor contributing to the mortality rate, with fish, such as damselfish, preying on CoTS
larvae [25] in experimental aquarium conditions; however, the extent of predation in reef waters is
not known.

 

Figure 1. The Great Barrier Reef. The CoTS initiation zone is shown in yellow (dotted); the CoTS
secondary outbreak zone strongly influenced by river discharge is shown in orange (dotted); the CoTS
secondary outbreak zone weakly or not at all influenced by river discharge is shown in green (dotted).
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3. Conceptual Understanding of the Nutrient Enrichment-CoTS Link

In the 1970s, Charles Birkeland formulated the hypothesis that CoTS population outbreaks
were more common on high islands in the Pacific islands due to the terrestrial runoff of nutrients
(nitrogen and phosphorus), than they were on atoll islands, where there is no natural runoff [26].
This hypothesis was founded on the fact that CoTS have a planktonic larval stage (of a few weeks)
which requires feeding on a minimum amount of phytoplankton to reach a level of viability, such that
they can settle on a reef. In “normal” nutrient conditions, the larvae have insufficient phytoplankton
food to reach competence [10] and thus cannot provide the conditions required for the survival of high
population numbers. However, in the areas where nutrient runoff in river discharge from the high
islands occurs, the conditions required for phytoplankton to bloom can be achieved, thus providing
the food source for this larval stage to develop [6,27].

The anthropogenic causation theory of nutrient enrichment is strongly linked to the increase in
human activities such as sewage discharge, fertiliser runoff, and increased erosion of nutrient-rich
soil. These activities lead to the enrichment of adjacent coastal waters [28], a higher phytoplankton
biomass, and a shift to larger species of phytoplankton which are more suitable as CoTS larval
food [29], resulting in better rates of survivorship of CoTS larvae, ultimately leading to more frequent
outbreaks [6,11].

The analysis of larval growth, the effects of environmental factors, and the experimental testing
of the nutrient enrichment hypothesis were first carried out in the 1970s [10,30–32], and showed that
COTS larvae were food limited and did not develop well in low-nutrient and phytoplankton biomass
conditions. In contrast, experimental testing using more sophisticated apparatus [33,34] tested the
growth of larvae in a range of nutrient conditions, with results suggesting no nutrient effect. However,
the experiments were repeated, this time with more care given to strict protocols regarding nutrient
supply, with results supporting the nutrient enrichment hypothesis [12,20,21,35]. CoTS outbreaks
associated with anthropogenic nutrient enrichment are now seen as one of the “signals” of partial
eutrophication of the GBR [28,36]. Recently, refinements of the experiments have further supported
the hypothesis [37–39], by establishing that larval survivorship increases with an increased food
supply of phytoplankton biomass. Optimal survival is represented by chlorophyll a concentrations
of about 1 μg·L−1 [38,39] or at algal food densities above 1000 cells·mL−1 [34]. Both low chlorophyll
a concentrations (0.1 μg·L−1) and higher chlorophyll a concentrations (~10 μg·L−1) appear to retard
the development of CoTS larvae [38–40], indicating that there is an optimum range of phytoplankton
biomass or cell counts for larval survivorship.

Concentrations of chlorophyll a in the GBR lagoon are generally less than 0.5 μg·L−1 in non-river
discharge conditions [41], but can be in the range of 0.5–3 μg·L−1 where influenced by major river
discharge, particularly in the Burdekin—Wet Tropics regions, where flood plumes reach the mid- and
outer shelf reef areas [42–46]. The phytoplankton biomass, measured as chlorophyll a during these
peak and post flow conditions, is able to support the high larval survivorship of CoTS juveniles if the
high nutrient conditions intersect with periods of high larval counts.

4. Crown of Thorns Starfish and the Great Barrier Reef

The cycles (waves) of outbreaks on the GBR have occurred from 1962 to 1976, 1979 to 1991, 1993
to 2005 [11,12], and 2009—current [5,16]. Each wave has severely reduced the coral cover on the GBR,
especially in the mid-shelf reefs of the central section [47] (Figure 1). CoTS outbreaks have been less
frequent on the inner and outer shelf reefs, for not-well understood reasons. There is evidence that
CoTS outbreaks have occurred on the GBR over the past 7000 years [48], although historical records
suggest that the waves of outbreaks post 1962 appear to be an unusual phenomenon and that outbreaks
have become more frequent in recent times (see below) [11,12].

Oceanographic conditions associated with the ENSO cycle [49] also play a part in initiating CoTS
outbreaks in the Cairns area of the GBR, with nutrient enrichment from river runoff and increased
local connectivity and/or within-reef larval retention being due to ENSO conditions, both of which
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provide conditions that result in the initiation of waves of outbreaks [16]. Indeed, this new climate
association suggests that the “natural” frequency of CoTS outbreaks may have also been highly
variable on the GBR over the past 7000 years, given changes in the strength of ENSO forcing during
this period. However, the modern conditions of strong ENSO coupled with increased nutrient sources,
likely creates a scenario where CoTS outbreaks become an almost continuous feature on the GBR.

It is also important to note that CoTS outbreaks can occur at sites with no obvious nutrient
enrichment [50], but where, in reality, upwelling may be present but not documented and at sites
with possible nutrient enrichment associated with natural upwelling systems (e.g., in the Chagos
archipelago—[51]) or at oceanic nutrient/productivity fronts [52,53].

There has also been a persistent outbreak area in the Swains reefs (Figure 1), but this is not
considered to be associated with the outbreaks to the north and the cycle of anthropogenic drivers
and higher larval survivorship. This long-standing situation of CoTS outbreaks in the Swains reefs in
the southern GBR is likely associated with the known upwelling systems in that region [11]. This has
been identified as an area of upwelling associated with the Capricorn Eddy [54–56] and the resultant
phytoplankton blooms are associated with other enrichment phenomena, such as manta ray feeding
aggregations [57] and plankton enrichment [58]. It is likely that these factors help to explain the CoTS
outbreaks in the Swains and Capricorn-Bunker Group reefs of the southern GBR [50]. In addition, the
recent outbreaks in the southern Capricorn Bunker Group [50] may be associated with record river
discharge from the Burnett and Mary Rivers in early 2011 and 2013 [59].

Miller et al. [50] considered the role of one large southern river, the Fitzroy, but did not show that
the discharge from this river had a significant effect on the CoTS outbreaks in the Capricorn Bunker
group. However, work on the extent of all southern rivers, i.e., Mary, Burrum, Burnett, Kolan and
Baffle in the Burnett Mary NRM Region(Figure 1), clearly showed the discharge plume extent of
these rivers impinged on the southern Capricorn Bunkers [59]. While the Fitzroy River discharge only
influences the northern section of the Capricorn-Bunker Group reefs during rare large flood events
that are coupled with favorable wind conditions [42,60], the five rivers to the south of the Fitzroy are
known to influence phytoplankton dynamics in the southern Capricorn-Bunker group [57] and may
influence the survivorship of CoTS larvae in this region.

5. Nutrient Enrichment and Secondary Outbreaks

While it often assumed that nutrient enrichment is primarily involved in producing “primary”
CoTS outbreaks in the initiation area (Cairns—Lizard Island), there is now evidence that nutrient
enrichment can enhance “secondary” outbreaks, especially in the offshore Wet Tropics region. Nutrient
loading from these rivers has greatly increased with the proliferation of agriculture and associated
fertiliser use in the region [61,62]. The period in which CoTS larvae are in the plankton stages,
during November to February, coincides with the point at which the Wet Tropics rivers exhibit high
discharge levels each year (Figure 2), with high levels of intra-annual variability, and regularly produce
phytoplankton blooms on the GBR shelf in this region [42,43,63–67]. Measurements of high chlorophyll
a concentrations during this period represent an extended period of time, in which conditions of high
phytoplankton biomass are optimal for CoTS larval development (see also [38,67]).

Images of river discharge are easily identifiable using remote sensed imagery and are available
on a daily basis, where the brown turbid, coastal waters are clearly contrasted with the greener
offshore waters associated with increased phytoplankton production, as well as the blue oceanic
waters (Figures 3 and 4); although it is worth noting that these images are subject to cloud cover.
In Figure 4, we show a series of MODIS images in true colour from 2007, demonstrating the formation
and dispersal of a phytoplankton bloom driven by high discharge from Wet Tropics rivers over a five
day period. By the 13 February, the plume/bloom has extended across the outer-shelf reefs of this area
and into the Coral Sea.
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Figure 2. Total daily wet season discharge (November to April, inclusive, ML/day) for the Wet Tropics
rivers for the wet seasons of 2007–2008 (a), 2008–2009 (b), 2009–2010 (c), 2010–2011 (d), 2011–2012 (e),
2012–2013 (f), 2013–2014 (g), 2014–2015 (h). Red dots in parts (d), (f), and (h) stand for the day on
which the satellite images shown in Figure 3 were taken and are within the CoTS spawning period.
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Figure 3. Selected satellite images showing plume water intrusion into the CoTS initiation zone (south)
and the region south to the Palm Island Group over three years (left column) and the corresponding
weekly plume colour class map (right column). Dashed yellow lines on maps stand for the south
delimitation of the CoTS initiation zone and the secondary outbreak zone is shown by the red dashed
lines. Plume colour classes vary from one to six, as described in the text. The stage of river discharge
on each occasion is shown in Figure 2.
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Figure 4. Progression (a–c) of multiple river plumes in the Wet Tropics (9, 11, 13 February 2007,
respectively) extending from the coast to beyond the outer reef. The lines show the outer edge of the
plume made visible due to Colored Dissolved Organic Matter and phytoplankton. Images (a–c) show
the transformation from a plume dominated by terrestrial particulate matter (brown colour near river
mouths) into a plume dominated by a dissolved nutrient, driven phytoplankton bloom (green colour).
A proportion of the contained nutrients in the plume may be seen “escaping” to the Coral Sea in part c.
The images show a period of enrichment on the mid- and outer- shelf of the Wet Tropics GBR lasting at
least five days. Images courtesy of CSIRO.

The mapping and modelling of the extent and composition of flood plumes has been employed as
a monitoring tool since 1991. More recently, the classification of plume water types has allowed a more
detailed modelling of the extent and composition of plume waters at a greater frequency. The frequency
and extent of the plumes, correlated with water quality values, provides mechanisms to predict the
mean chlorophyll values within the plume waters across the wet season [44]. Work focused on the Tully
region [68] showed that plume waters were mapped on a weekly basis and secondary waters extended
out into the mid shelf areas for 14 out of the 22 weeks of the wet season in 2010/2011, highlighting the
extended period of time that optimal conditions existed for supporting phytoplankton growth.

A daily image of flood plumes was selected from remote sensed imagery (MODIS, Aqua, 250 m)
(Figure 3), at a period of elevated discharge (or in the days following) (Figure 2) and at periods of low
clouds, to ensure that the plume was visible. The three selectedimages from plumes associated with
the Wet Tropics rivers during the period of CoTS spawning, show an elevated phytoplankton biomass
on the mid-shelf reef area of the GBR between Cairns and Townsville, with examples presented for the
period between November to March (Figure 3) for each year.

These conditions of elevated phytoplankton biomass are seen both visually, and by water type
analysis [44,64,65,67] and ascribed water types (right column panels of Figure 3), following the
methodology of Devlin et al. [44] and Petus et al. [69,70].

Each image represents a period of time of optimal conditions for high phytoplankton biomass,
and potentially a source of increased CoTS larval survivorship. Chlorophyll a concentrations measured
on the Cairns—Townsville mid-shelf area during major river discharge periods (December to March),
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are 0.5–3 μg·L−1 at salinities in the range 30–35 [42,64,68]. Water type descriptions [44,65,70] are
derived from true colour MODIS imagery, calibrated against the direct measurement of salinity,
temperature, particulate and dissolved nutrients, phytoplankton, total suspended solids (TSS),
the diffuse attenuation coefficient of photosynthetically active radiation (Kd(PAR)), colored dissolved
organic matter (CDOM), chlorophyll a, and herbicides [70]. The ranges and mean values of chlorophyll
a for the water types are summarized in Table 1, drawn from Devlin et al. [44].

Table 1. Chlorophyll a concentrations in the different water types and colour classes.

Water Type and Class Mean Chlorophyll a (μg·L−1) Range Chlorophyll a (μg·L−1)

Primary, Colour Classes one–four 0.9 0.6–3.7
Secondary, Colour Class five 1.3 0.7–2.7

Tertiary, Colour Class six 0.7 0.2–1.6

Water types and classes are a necessary step in estimating likely chlorophyll a concentrations
in high river discharge conditions, as the algorithms for estimated chlorophyll a from satellites such
as MODIS do not work well in the Case 2 waters of the GBR [71], with errors, even in the deeper,
clearer waters of the outer GBR lagoon, of typically 100%. While other researchers [38,72] have used
estimates of chlorophyll a concentrations from MODIS, it should be noted these estimates can have very
large errors. It should also be noted that regular direct measurements of chlorophyll in the GBR lagoon
ceased in 2006. The results of the 1991–2006 program can be found in Brodie et al. [41]. Since 2006,
only irregular direct measurements of chlorophyll a have occurred during flood plume studies [44]
and estimates from remote sensing algorithms, which can be problematic in the Case 2 coastal waters
of the GBR [71].

The concentrations of chlorophyll a in colour class six (and to some extent five) waters are in the
range at which CoTS larval development is most favorable, estimated to be at 1 μg·L−1 (compared to 0.1
and 10 μg·L−1) in Pratchett et al. [40]; at 1 μg·L−1 compared to much lower and higher concentrations
in Wolfe et al. [38]; and at 1 μg·L−1 in Fabricius et al. [12]. While Wolfe et al. [38] claim “it seems that
mid-shelf regions on the GBR have a high background level of phytoplankton (0.4–0.6 μg chl a·L−1; Table 1,
S1 Table), which may support successful development of A. planci larvae irrespective of flood or storm events”,
these results for chlorophyll a are estimated from the MODIS sensor using algorithms which are known
to have serious errors and which generally overestimate chlorophyll a concentrations (see above).
From the measured results, the only periods when chlorophyll a concentrations are in this range on the
mid-shelf of the GBR between Townsville and Lizard Island is during high river discharge conditions.

At higher chlorophyll a concentrations, larvae develop less strongly [38,40]. CoTS larvae generally
also grow slowly and do not easily reach a competent stage at lower concentrations of chlorophyll a
(<0.2 μg·L−1) or low phytoplankton biomass [12,37,38,40]. An exception to this situation seems to be
in the case where female CoTS have been fed on Acropora corals. In these circumstances, the weight of
the females increased, as well as the gonads, and also produced larger oocytes compared to Porites-fed
and starved females [73]. The CoTS larvae under these conditions may be able to reach competency
faster, without significant phytoplankton feeding [73], but this has not actually been demonstrated.

The remote sensed imagery only examines a single day during the high discharge period
and a further analysis to extend the period over the primary four months associated with CoTS
spawning i.e., November to March inclusive, would be needed to further advance this speculative
hypothesis. However, it is worth noting that the river flow conditions for all of the images were
variable, and represent periods of flow from 80th to 99th percentile conditions. Optimal growth
conditions can still occur at the lower flow rates, indicating that high phytoplankton biomass can be
stimulated in first flush, medium to high flow conditions, and may represent a period of time from
days to weeks. Extended periods of high biomass conditions can increase the probability of time that
larval bloom and enhanced plume conditions can intersect and increase survivorship, supporting the
growth associated with secondary outbreaks.
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6. Conclusions

The range of phytoplankton biomass, as measured via the chlorophyll a concentration, for the
favorable development of CoTS, is 0.6–1 μg·L−1. It appears that well-nourished (from their mother) [73]
larvae may be able to reach competency at a lower phytoplankton biomass, although this has
not been demonstrated. This may correspond to the low chlorophyll results of Wolfe et al. [72],
where larvae were able to reach competency at chlorophyll a concentrations in the range of 0.1 to
0.4 μg·L−1; conversely, in this study, the CoTS larvae were fed the microalga Proteomonas, an algae
with hardly any chlorophyll, and so the results are hard to interpret compared to other phytoplankton
food. However, most larvae need chlorophyll a concentrations in the range 0.6 to 1.0 μg·L−1 for
adequate development [12,38,40]. Larvae develop poorly when chlorophyll a concentrations are above
about 1.5 μg·L−1 [38,40].

This chlorophyll a range (0.6–1.0 μg·L−1) has been shown to occur commonly in the wet season
on the mid-shelf waters of the GBR between Cairns and Townsville, where secondary CoTS outbreaks
occur. As such, it is possible that the enhanced survivorship of CoTS larvae is occurring in this region
on a regular basis, as a result of increased nutrient delivery during periods of high discharge from
the Wet Tropics rivers [42], and also during the much more irregular high discharge periods from
the Burdekin River (e.g., [46,69]). Thus, these secondary outbreaks of CoTS, while mainly driven by
massive larval supply, may also be accelerated by suitable phytoplankton conditions provided by
increased nutrient discharges from the relevant rivers [61]. This finding also explains the query in
Babcock et al. [74], expressed as follows: “Moreover, if the productivity of mid-shelf waters on the GBR
are consistently below levels (0.25 μg·L−1) at which there is almost zero survival of COTS larvae, it is hard to
explain how the southward propagating waves of outbreaks (that subsequently cause widespread devastation) are
maintained.” In fact, chlorophyll a concentrations in the mid-shelf waters of the GBR (at least in the
area between Townsville and Lizard Island) are well above 0.25 μg·L−1 for extended periods during
the wet season.

Further studies are required to assess the strength of the nutrient enrichment element in secondary
outbreaks of CoTS, especially in the mid-shelf area between Townsville and Cairns, where river plumes
reach this area on a regular basis. Further south from Townsville, river plumes (from rivers south
of the Burdekin) rarely reach the mid-shelf of the GBR and it may be speculated that this effect does
not play a part in enhancing CoTS outbreaks. An exception may be associated with the very large
discharge events from the Mary and Burnett Rivers and CoTS outbreaks in the southern Capricorn
Bunker Group reefs, but further research is required to confirm this connection.

Unfortunately, the direct measurement of chlorophyll a in the GBR lagoon is still limited by sample
numbers and locations of sampling. Estimates of chlorophyll a concentrations can be made from water
type analysis [44,70], and by using the eReefs model in conjunction with direct measurements [75].
However, a more intensive direct measurement program is still required to be able to answer questions
regarding the influence of nutrient enrichment on populations of CoTS.
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Abstract: Like most coral reef organisms, crown-of-thorns starfish (Acanthaster spp.) are expected
to be highly vulnerable to predation as they transition from a planktonic larval phase to settling
among reef habitats. Accordingly, crown-of-thorns starfish might be expected to exhibit behavioural
adaptations which moderate exposure to predation at this critical stage in their life history.
Using pairwise choice experiments and settlement assays, we explored the ability of competent
larvae of Acanthaster cf. solaris to first detect and then actively avoid benthic predators during
settlement. Pairwise choice experiments revealed that late stage brachiolaria larvae are able to detect
predators in the substrate and where possible, will preferentially settle in microhabitats without
predators. Settlement assays (without choices) revealed that larvae do not necessarily delay settlement
in the presence of predators, but high levels of predation on settling larvae by benthic predators
significantly reduce the number of larvae that settle successfully. Taken together, these results show
that crown-of-thorns starfish are highly vulnerable to benthic predators during settlement, and that
variation in the abundance of benthic predators may exert a significant influence on patterns of
settlement for crown-of-thorns starfish.

Keywords: behaviour; coral reefs; predation; resilience

1. Introduction

As for many benthic reef organisms, settlement is expected to represent one of the major
bottlenecks in the life history of crown-of-thorns starfish (Acanthaster spp.), whereby relatively naïve
planktonic larvae will be exposed to an entirely new suite of potential predators as they transition to
living in benthic reef habitats [1]. Reef-based predators include both planktivorous fishes and sessile
invertebrates (e.g., corals) that intercept larvae as they swim towards benthic habitats [2,3], as well
as infaunal invertebrate predators that will feed on starfish that settle to specific microhabitats [4].
Both pre- and post-settlement mortality play important roles in structuring populations of marine
organisms (e.g., [5]), but predation rates are generally highest (≥30% day−1) immediately after
settlement (reviewed by Gosselin and Qian [6]). Importantly, high rates of early post-settlement
mortality can significantly augment patterns of larval supply, having a major bearing on the distribution
and abundance of benthic marine organisms (e.g., [7,8]). Moreover, there will be strong selection for
settling larvae to choose microhabitats that minimise predation risk [9], either by avoiding habitats
with high abundance of potential predators or preferentially settling in complex microhabitats that
provide greater refuge from predators.
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Predation on crown-of-thorns starfish may be moderated by high concentrations of saponins
and other toxins that are presumed to deter potential predators (e.g., [10]). Notably, three-day-old
larval crown-of-thorns starfish have more than two times higher concentrations of saponins than
adult starfish [11], which may reflect their increased vulnerability to predation due to limited physical
predator defences (e.g., spines). Even so, larval crown-of-thorns starfish are readily consumed by
a range of planktivorous reef fishes (e.g., [2]), as well as corals, such as Pocillopora damicornis [3].
Accordingly, in laboratory-based experiments, >50% of larvae are lost during settlement, and this
may be a result of predation by benthic animals which could not be removed from the settlement
substrates [3]. Even after settlement, juvenile crown-of-thorns starfish experience significant rates of
mortality (up to 6.49% day−1 for one-month-old starfish), which decreases with size and age, and is
largely attributed to predation (e.g., [4]).

The purpose of this study was to test whether crown-of-thorns starfish can detect the presence
of benthic predators within potential settlement substrates (largely based on chemoreception,
sensu [12]), and thereafter, explore the extent to which larval crown-of-thorns starfish preferentially
settle in microhabitats with and without predators present. There has been much work on the
role of chemoreception in the selection of settlement substrates by marine larvae (reviewed by
Pawlik [13]). For example, larval fishes and corals use chemical cues to discriminate between
settlement substrates [14] and degraded and healthy reefs [15], as well as respond to the presence of
conspecifics [16]. Similarly, brachiolaria larvae of crown-of-thorns starfish respond to chemical cues
associated with specific bacterial films, causing them to discriminate between different substrates
during settlement (e.g., [12,17,18]). Moreover, adult crown-of-thorns starfish have been shown to use
chemoreception both to locate and orientate towards potential prey [19] and feeding conspecifics [20].
Given the inherent ability of crown-of-thorns starfish to respond to chemical stimuli, combined with
potentially intense predation pressure at settlement, we expect that larval crown-of-thorns starfish are
able to both detect and actively avoid predators during settlement.

2. Materials and Methods

2.1. Collection and Maintenance of Study Species

Adult Acanthaster cf. solaris [21] were collected from reefs around Lizard Island (14◦40’ S; 145◦27’ E)
in the northern Great Barrier Reef between October and November 2015. All experiments were
conducted at the Lizard Island Research Station. Spawning was induced following Cowan et al. [2].
One mL 10−4 M 1-methyladenine (1-MA) was injected into the gonads in each arm, through the aboral
side of each starfish, which immediately induced spawning in males. Females, meanwhile, spawned
within 20–30 min of administering 1-MA. To ensure that a mix of genotypes was used, gametes were
collected using glass pipettes from at least 3 individuals of each sex. Sperm was rinsed in 0.2-μm
filtered seawater (FSW) and refrigerated at 4 ◦C prior to use. Eggs were collected from around the
arms of females following their release from gonopores and rinsed with 0.2-μm FSW. Fertilization was
achieved by adding sperm to reach a final sperm-egg ratio of approximately 100:1. Fertilised eggs
were transferred to 16 L larval rearing chambers at a density of approximately 1–2 larvae mL−1.
Chambers were maintained at 28.4 ± 1.1 ◦C (mean ± SD). Larvae were fed twice daily on a mixture
of cultured algal species (Dunaliella tertiolecta and Chaetoceros muelleri at a concentration of 5000 cells
mL−1 of each species). Water in rearing chambers was changed daily. Larval development was
monitored daily, and late brachiolaria stage larvae were placed in separate rearing containers prior to
use in experiments.

2.2. Preparation of Cues

Settlement experiments were conducted using coral rubble encrusted with crustose coralline algae
(CCA), which was collected from shallow reef environments (<3 m depth) on the sheltered (north-west)
side of Lizard Island. Rubble was broken into 1–2 cm pieces. Prior to experiments, all motile fauna
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were removed from coral rubble by manually removing fauna and repeatedly rinsing small fragments
in saltwater. To ensure that rubble fragments were free of any potential infaunal predators, we also
immersed fragments in freshwater for 30 s prior to using them in experiments. Although potential
epibenthic predators were physically removed from the rubble, CCA and other encrustations were left
intact. The predominant motile invertebrates removed from freshly collected rubble were polychaetes
(mainly Nereididae and Amphinomidae). Amphinomidae polychaetes, Pherecardia striata, are known to
prey upon newly settled Acanthaster cf. planci [22,23], and thus extracted polychaetes were retained for
predation experiments. Trapeziid crabs (Trapezia flavopunctata, Trapezia bidentata, and Trapezia cymodoce)
were collected by manually removing crabs with plastic forceps from Pocillopora corals collected from
lagoonal reefs at Lizard Island. Corals were then maintained in a separate aquarium with flow-through
seawater, for a minimum period of one week, prior to use in experiments. We did not distinguish
between specific crab species or polychaete species in any of the experiments.

2.3. Predation Rates by Benthic Predators

To quantify predation rates by polychaetes and trapeziid crabs on brachiolaria larvae of
crown-of-thorns starfish, individual predatory organisms (n = 16 for polychaetes; n = 8 for crabs) were
placed in 70 mL specimen containers with 0.2 μm FSW and 10 brachiolaria larvae. No habitat was added
in order to minimise the possibility of larval mortality occurring due to factors other than predation by
the study organism. Predators were allowed to feed for 12 h through the night (18:30–06:30), and the
number of starfish larvae that remained after this period was recorded. Controls were also conducted
in which 10 brachiolaria larvae were added to 70 mL specimen containers with no predators.

2.4. Static Choice Chambers

To test the ability of settling Acanthaster sp. larvae to detect and respond to olfactory cues
associated with potential settlement substrates and/or potential predators, we used static choice
chambers consisting of two 10 L aquaria (chambers) connected by 150-mm diameter clear acrylic
pipe. Substrates, with and without potential predators, were added to 0.2 μm FSW 24 h prior to the
onset of experiments. Cues offered were: (i) the coral, Pocillopora damicornis without any infaunal
organisms; (ii) P. damicornis with commensal trapeziid crabs; (iii) cleaned rubble; (iv) rubble with
predators (polychaetes); and (v) adult A. cf. solaris. These cues were added to one or both chambers,
in the combinations: (a) Cleaned rubble vs. FSW; (b) Rubble with polychaete predators vs. FSW;
(c) Cleaned rubble vs. rubble with polychaete predators; (d) Cleaned rubble vs. coral; (e) Coral vs.
FSW; (f) Coral with commensal crabs vs. FSW; (g) Coral vs. coral with commensal crabs; (h) Adult
A. cf. solaris vs. FSW, offering larvae a pairwise choice of water sources. Larvae (n = 10) were
individually placed in the centre of the pipe connecting both chambers, allowing horizontal movement
towards one or the other aquaria. During trials, both aquaria were covered to minimise wind-driven
water movement. Trials were conducted on a single larva, and larvae were not re-used. A choice was
scored when the larvae moved well outside of the connecting tube and into one or the other of the two
aquaria; there were no instances of larvae swimming back into the tube after entering an aquarium.
If no choice was made after one hour, the larva was removed and “no choice” was recorded. After five
replicates the chamber was cleaned and the water sources were switched to the opposite side to ensure
that preferences were not biased for one side of the chamber. The response of larvae to each pairwise
choice of cues was analysed using a Chi-square goodness of fit test against equal expected proportions,
using Yates’s correction, as expected counts were ≤ 5.

2.5. Settlement Assays

Settlement assays were conducted to determine whether the presence of benthic predators causes
differences in rates of larval settlement. Ten larvae were introduced into 250 mL beakers filled with
0.2 μm FSW and containing one of two treatments: cleaned rubble (n = 7); or rubble with predators
(polychaetes) (n = 7). Polychaetes were used as the predators in these experiments (cf. trapeziid crabs),
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because they naturally associate with rubble (cf. trapeziid crabs that generally associate with live
coral). Controls were conducted in which larvae were introduced to 250 mL beakers (n = 7) containing
only 0.2 μm FSW. Beakers were visually examined for indication of settlement/predation at 1, 2 and
6 h: when larvae were no longer swimming in the water column, they were assumed to have settled,
or been consumed by predators. At 12, 24, 36 and 48 h, the number of larvae still swimming and
the number that had settled out of the water column were counted. Larvae detected on the bottom
of the beaker were counted as settled and checked under a microscope at the end of the experiment
for evidence of metamorphosis. At 48 h, all substrates were also examined under a microscope for
evidence of settled and metamorphosed individuals.

A repeated measures permutational analysis of variance (PERMANOVA) with “Treatment”
(3 levels, fixed) and “Time” (4 levels, random) was run to test whether the biological habitat and
presence or absence of predators had an effect on settlement success of larvae. PERMANOVA is a
non-parametric technique that can be used in analysing univariate data [24]. Analyses were conducted
using the PERMANOVA+ add-on for PRIMER v.6 (Primer-E Ltd., Plymouth, UK), using the Euclidian
distance measure and 9999 permutations of the residuals under a reduced model, to calculate the
significance of the pseudo-F statistic. Post-hoc pair-wise comparisons used Monte-Carlo asymptotic
p-values (pMC), as the number of unique permutations was low.

3. Results

3.1. Potential Predators

All three categories of potential benthic predators tested in this study (polychaetes, trapeziid crabs
and scleractinian corals) caused elevated rates of mortality among late stage (competent) brachiolaria
larvae of crown-of-thorns starfish (Figure 1). Mortality rates for starfish larvae exposed to individual
polychaete worms averaged 1.9 larvae (out of 10) ± 0.6 (SE). For starfish larvae exposed to individual
trapeziid crabs (ca. 10 mm carapace diameter), mortality rates were 4.5 larvae (out of 10) ± 0.9 (SE).
By comparison, 100% of larvae survived across all controls. Mortality rates for starfish larvae exposed
to the scleractinian corals, Pocillopora damicornis, were not explicitly measured, but all larvae that came
into contact with the polyps were immediately consumed.

Figure 1. Mean survival (± SE) of brachiolaria larvae during a nocturnal, 12-h period, in the absence of
predators versus when exposed to polychaetes and trapeziid crabs.
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3.2. Static Choice Chambers

A total of 80 brachiolaria larvae were used in static choice experiments, across 8 different
treatments (Figure 3). Of these 80 larvae, a total of 55 larvae moved outside of the connecting tube,
actively swimming towards one or other of the adjoining aquaria containing alternative settlement
substrates or cues. Starfish larvae did exhibit significant avoidance of predators (both trapeziid
crabs associated with Pocillopora coral (χ2 = 6.2, df = 2, p = 0.05), and polychaete predators naturally
associated with freshly collected pieces of rubble (χ2 = 7.4, df = 2, p = 0.02) relative to FSW (Figure 2).
However, starfish larvae did not discriminate when comparing settlement substrates (rubble with
conspicuous CCA and the scleractinian coral, P. damicornis) with and without predators (polychaetes:
χ2 = 0.2, df = 2, p = 0.90, crabs: χ2 = 3.8, df = 2, p = 0.15; Figure 2). When comparing corals with
and without trapeziid crabs, 6 (out of 10) of the starfish larvae remained within the connecting tube
(and did not venture into either of the adjoining aquaria) for the entire period of observation (60-min).

Figure 2. Behavioural response of brachiolaria larvae when offered a pairwise choice of cues:
(a) Cleaned rubble vs. rubble with polychaete predators; (b) Rubble with polychaete predators vs.
filtered seawater; (c) Cleaned rubble vs. filtered seawater; (d) Cleaned rubble vs. coral; (e) Coral vs.
coral with commensal crabs; (f) Coral with commensal crabs vs. filtered seawater; (g) Coral vs. filtered
seawater; (h) Adult crown-of-thorns starfish vs. filtered seawater. * Indicates a significant difference in
larval choice frequency indicated by Chi-square goodness of fit test.
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In the absence of predators (i.e., using rubble and live coral from which all predators had been
removed), brachiolaria larvae of crown-of-thorns starfish exhibited strong and significant preference
for cleaned rubble with conspicuous CCA over FSW (χ2 = 10.4, df = 2, p < 0.01). However, there was
no significant difference in response when larvae were offered coral versus FSW (χ2 = 1.4, df = 2,
p = 0.50; Figure 2e). Starfish larvae also did not significantly discriminate when offered a choice of
cleaned rubble (with CCA) versus coral (χ2 = 3.2, df = 2, p = 0.20; Figure 2c). Larvae exhibited the
strongest preference when comparing adult Acanthaster cf. solaris with FSW (χ2 = 9.8, df = 2, p < 0.01),
with 8 (out of 10) larvae swimming towards adult conspecifics (Figure 2h).

3.3. Settlement Assays

A total of 210 larvae were used in the settlement assay, across three treatments (Figure 3). Of these
210 larvae, a total of 126 larvae were recovered after 48 h, either still swimming, or in contact with
the substrate. There was a significant effect of treatment on the number of larvae still swimming in
the settlement assay (Pseudo-F(2,54) = 13.27, pperm < 0.01). However, there was no significant effect of
time (Pseudo-F(3,54) = 2.17, pperm > 0.05) and no significant interaction between treatment and time
(Pseudo-F(6,54) = 1.26, pperm > 0.05). In the presence of a settlement substrate, significantly fewer larvae
were recorded as swimming, compared to the control (t = 4.88, pMC < 0.01), and this was regardless
of the presence of polychaete predators (t = 5.28, pMC < 0.01). However, there was no significant
difference in the number of larvae still swimming in the presence of a substrate with, versus without,
polychaete predators (t = 0.69, pMC > 0.05; Figure 3a).

Figure 3. Mean number of larvae still swimming, settled and absent in each treatment after (a) 12,
(b) 24, (c) 36, and (d) 48-h.

A total of 12 larvae were recorded as settled after 48 h, across the three treatments. In the
absence of a substrate, 0% of larvae were induced to settle. There was a significant effect of treatment
(Pseudo-F(2,54) = 13.60, pperm < 0.01) and time (Pseudo-F(3,54) = 3.80, pperm = 0.01), and a significant
interaction between treatment and time (Pseudo-F(6,54) = 2.29, pperm = 0.05) on the number of larvae
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that were recorded as settled in the settlement assay (Figure 3b). The number of settled larvae that
were recovered from the cleaned rubble treatment was significantly greater than for the control
at 12 (t = 3.67, pMC < 0.01), 24 (t = 3.43, pMC < 0.01), 36 (t = 3.58, pMC < 0.01), and 48 (t = 2.46,
pMC = 0.03) hours. There was no significant difference in the number of settled larvae in the cleaned
rubble treatment, compared to the rubble with predators treatment after 12 h (t = 2.01, pMC > 0.05);
however, a significant decrease in the number of settled larvae recorded in the predator treatment from
12 to 24 h (t = 2.52, p < 0.05) meant that the number of settled larvae in the cleaned rubble treatment
was significantly greater than for the rubble with predators treatment at 24 h (t = 2.71, pMC = 0.02) and
36 h (t = 2.57, pMC = 0.03) (Figure 3b). Although not significant, the number of settled larvae in the
cleaned rubble treatment decreased from 12 to 48 h (t = 2.26, pMC > 0.05), so the number of settled
larvae in the cleaned rubble treatment, versus rubble with predators, was not significantly different
after 48 h (t = 1.53, pMC > 0.05). Notably however, 55% of larvae that settled in the absence of predators
had undergone metamorphosis at 48 h, compared to 0% when predators were present.

4. Discussion

Given limited capacity for inter-reef movement of adult crown-of-thorns starfish [22],
their abundance on any given reef is fundamentally dependent on rates of successful settlement
and recruitment. To maximise settlement success, it would be expected that crown-of-thorns starfish
preferentially settle to locations and microhabitats that minimise exposure to potential predators
(e.g., [25]), either settling in locations that are naturally depauperate of potential predators or selecting
microhabitats that provide refugia from predators. This study shows that settling larvae of Acanthaster
cf. solaris are highly vulnerable to a range of different benthic predators, including scleractinian corals
and their commensals (e.g., trapeziid crabs), as well as polychaete worms that were commonly found
on freshly collected pieces of coral rubble, adding to the wide range of predators known to feed on
early life-stages of Acanthaster spp. (e.g., [2–4,26]). Given the vulnerability of crown-of-thorns starfish
to predators (reviewed in Cowan et al. this issue), it is likely that there are many more predators
within the coral reef benthos capable of feeding on settling or post-metamorphic starfish. Once a
more complete range of potential predators is established, or those that have the most significant
impact on settlement and recruitment success of crown-of-thorns starfish, it will be important to test
for spatial variation in abundance and diversity of these predators. For highly fecund species, such as
Acanthaster spp., small changes to the rates of mortality at these early life stages are likely to have
significant knock-on effects, and may account for spatial and temporal variation in the incidence of
outbreaks [27,28].

Larvae of coral reef organisms, including fishes and corals, use chemical cues to distinguish
between healthy and degraded reefs [15]. The attraction of brachiolaria larvae of Acanthaster cf. solaris
to cues from cleaned rubble and deterrence from these substrates when polychaete predators were
present suggests that larvae are able to detect these predators and may have the capacity to avoid
settling to environments with high densities of benthic predators. This indicates a mechanism by which
crown-of-thorns larvae can similarly distinguish between healthy and degraded reefs, as degraded
reefs can have reduced densities of benthic predators. Polychaetes are amongst the most numerous
and abundant component of the macrofauna found within the reef matrix (e.g., [29]) and are indicator
species for marine degradation [30]. Both abundance and species richness of polychaetes are reduced
in fished sites, compared to marine protected areas, as a result of trophic cascades [31]. Reefs that have
been damaged by cyclones also have reduced polychaete abundance [32]. This may be an important
factor in shaping recruitment patterns of Acanthaster spp. to reefs, with degraded reefs being more
attractive to settling larvae.

Settling Acanthaster spp. larvae were not attracted to live coral substrates, and given that corals
will prey upon settling larvae, this may explain the rejection of these substrates regardless of the
presence, or absence, of commensal predators. Rather, settling crown-of-thorns starfish may actually
avoid areas with high coral cover [33]. It has been suggested that larvae of crown-of-thorns starfish
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preferentially settle in areas with high abundance of adult conspecifics because the feeding activities of
these adult starfish provide areas of recently dead coral, representing suitable settlement habitats [34] as
well as minimizing the risk of predation by live corals [33]. Supporting this, our analyses of settlement
preferences based on static choice chambers confirmed that larvae are significantly attracted to adult
conspecifics. While other invertebrates including echinoderms settle on, or near to, conspecifics [13,35],
this is the first time that it has been demonstrated for Acanthaster spp. and work is required to establish
the mechanistic basis of this behaviour.

Whilst Acanthaster spp. larvae may preferentially settle in habitats with fine-scale topographic
complexity to minimise mortality in the early life stages [9], numerous presumed predators are
abundant in the reef matrix (e.g., [23,36,37]) and results of the settlement assay suggest that settlement
is induced in the presence of a cue from substrates (cleaned rubble with naturally attached crustose
coralline algae), with the presence of benthic predators unlikely to cause larvae to delay settlement
(Figure 3a). Lack of difference in the number of settled larvae recovered from the rubble with
predators treatment compared to the control, despite significant difference in the numbers of larvae
still swimming in the settlement assays, indicates high levels of predation upon settling larvae, and is
supported by our measurements of benthic predation rates. Additionally, no fully metamorphosed
juveniles were recovered from treatments containing predators, compared to cleaned rubble treatments,
in which 55% of settled starfish had metamorphosed. These data suggest that on a local scale,
healthy benthic fauna is highly important in reducing successful recruitment of Acanthaster spp.
through predation on settling larvae. Settlement substrate and predation by benthic predators may
explain high variability in recruitment rates of Acanthaster sp. observed by Nakamura et al. [38].
Acroporids and Acanthaster sp. likely prefer to settle on similar substrate types, but variation in local
abundance of benthic predators may have a more significant effect on recruitment of Acanthaster sp.
compared to corals, for which recruitment was observed approximately 1 month after spawning [38].

In addition to the methods outlined in this study, we tested the ability of Acanthaster cf. solaris
larvae to respond to olfactory cues using two-channel Atema flumes [39]. The flow rate in the flume
chamber was set to the lowest possible speed (0.1 L·min−1), which allowed larvae to maintain their
position and move across the current, whilst also ensuring laminar flow. Food dye was used to test for
laminar flow and confirm separation of water sources. Individual larvae were placed in the centre of
the test chamber, allowing choice between the two streams and movement towards a preferred water
source. Whilst larvae were able to maintain position and move across the flow of water in the Atema
flume chamber, we could not determine with confidence whether larvae were actively choosing one cue
over the other: larvae were observed to move from the central starting position; however, they settled
against either the outer edges or inner partition of the flume chamber and appeared to become trapped.
Adaptation of the flume chamber to exclude edges in which larvae could become trapped would likely
overcome this; thus, this may be an efficient method to test the response of Acanthaster spp. larvae to
a range of environmental cues. Further, this demonstrates an ability of, at least the late-brachiolaria
stage, larvae to move against a light current. This could be important in enabling larvae to manoeuvre
across the reef matrix when searching for a suitable settlement habitat.

5. Conclusions

Variation in the abundance of benthic predators is likely to have a significant influence on
settlement patterns of the crown-of-thorns starfish, as indicated by the avoidance of late-stage
brachiolaria larvae of substrates that contain predators and low rates of settlement and metamorphosis
on these substrates. Healthy benthic fauna is therefore likely to be important in regulating abundance
and moderating settlement success of Acanthaster spp. Any extrinsic threat to benthic communities,
including disruptive effects that may lead to trophic cascades, are likely to reduce the buffering
capacity of coral reefs, increasing susceptibility to devastating outbreaks of crown-of-thorns starfish.
Demographic studies of marine invertebrates often reveal particularly intense mortality in the period
immediately following settlement (e.g., [6,40]). Studies described herein may also be extended to
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newly settled, post-metamorphic juveniles, with the aim of determining predation rates and further
examining their behavioural responses to environmental cues.
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Abstract: The corallivorous crown-of-thorns starfish (Acanthaster spp.) is a major cause of coral
mortality on Indo-Pacific reefs. Despite considerable research into the biology of crown-of-thorns
starfish, our understanding of the early post-settlement life stage has been hindered by the small
size and cryptic nature of recently settled individuals. Most growth rates are derived from either
laboratory studies or field studies conducted in Fiji and Japan. The Great Barrier Reef (GBR) is
currently experiencing its fourth recorded outbreak and population models to inform the progression
of outbreaks lack critical growth rates of early life history stages. High numbers of 0+ year juveniles
(n = 3532) were measured during extensive surveys of 64 reefs on the northern GBR between
May and December 2015. An exponential growth model was fitted to the size measurement data
to estimate monthly ranges of growth rates for 0+ year juveniles. Estimated growth rates varied
considerably and increased with age (e.g., 0.028–0.041 mm·day−1 for one-month-old juveniles versus
0.108–0.216 mm·day−1 for twelve-month-old juveniles). This pioneering study of 0+ year juveniles
on the GBR will inform population models and form the basis for more rigorous ongoing research to
understand the fate of newly settled Acanthaster spp.

Keywords: juvenile crown-of-thorns starfish; growth rates; growth curve analysis

1. Introduction

Crown-of-thorns starfish (Acanthaster spp.) are among the most intensively studied of all coral
reef organisms [1]. This starfish species is renowned for its extreme temporal and spatial variation
in abundance, which can result in extensive destruction of coral reef habitats if starfish occur at
high densities (during outbreaks). Outbreaks of crown-of-thorns starfish are considered to be one
of the foremost causes of significant and sustained declines in live hard coral cover on Indo-Pacific
reefs [2–5]. On Australia’s Great Barrier Reef (GBR), there have been four distinct episodes of outbreaks
since the early 1960’s, with the latest outbreak first apparent in 2010 [6,7]. Over a period of 27 years
(1985 to 2012), the GBR has lost approximately half of its initial coral cover, with 42% of this loss
attributable to recurrent outbreaks of crown-of-thorns starfish [2].

Outbreaks of crown-of-thorns starfish are fundamentally caused by changes in key demographic
rates and population dynamics [8], resulting in either progressive accumulation of starfish over
several successive cohorts [9] or the rapid onset of outbreaks following a single mass-recruitment
event [10]. However, the extent to which these demographic changes are caused by anthropogenic
degradation of reef ecosystems (e.g., overfishing and/or eutrophication) versus inherent environmental
changes and stochasticity (e.g., cycles of food availability for larvae, juveniles, and/or adult starfish)
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is largely unknown and widely debated [6,11]. Our understanding of the proximal and ultimate
causes of outbreaks has been hampered at least in part by difficulties in studying the early life stages
of crown-of-thorns starfish in natural environments [6,11]. Current models [7,12,13] that aim to
understand and predict outbreak dynamics lack critical demographic rates, such as estimates of
growth rates and survival for early life history stages in the field.

Field-based studies of early life stages of crown-of-thorns starfish have largely been constrained by
the small size, cryptic nature, and largely nocturnal habits of recently settled individuals [10], making
them difficult to detect and sample [14–16]. Attempts to locate 0+ year old juveniles on the GBR have
remained largely unsuccessful [14–16]. However, studies conducted in Fiji and Japan that followed
individual cohorts of crown-of-thorns starfish through time on single island reefs effectively sampled
newly settled individuals (0+ year old) [10,17]. Resulting estimates of growth rates for coralline algae
feeding juveniles (2–3 mm/month) [10,17] were consistent with early post-settlement growth estimates
for laboratory reared juveniles [18,19].

As early stages of newly settled juveniles (i.e., 1–3 months-old starfish after settlement, size = 0.3–5 mm)
have rarely been detected in the field [17], demographic rates for these early stages are largely derived
from aquarium-based studies [18,19]. Crown-of-thorns starfish have been reared in captivity since
1973, providing important insights into their early development and life history [18–21]. Once fully
developed competent larvae (i.e., at the late brachiolaria stage) find a suitable settlement substrate
(i.e., coralline algae), they metamorphose within two days into five-armed juvenile starfish that measure
between 0.3 and 0.8 mm in diameter [18,19,22,23]. Yamaguchi (1973) [18] found that laboratory-reared
juveniles grew 0.076 mm·day−1 in the 20 weeks following settlement, while Lucas (1974) [19]
estimated that 3-month-old juveniles grew 0.048 mm·day−1 in the laboratory. Field-based estimates
of juvenile growth rates averaged 0.10–0.15 mm·day−1 in the coralline algae feeding phase and
0.40–0.84 mm·day−1 in the coral feeding phase [10,17]. So far, existing growth data has been fitted with
logistic or Gompertz growth equations to describe the sigmoidal growth pattern of crown-of-thorns
starfish [10,17,20,21,24]. However, these equations have been acknowledged to be limited in accurately
describing growth during distinct life stages [21], and so alternative equations have been suggested
for distinct stages, such as for coralline algae feeding juveniles [25] and coral-eating 1+ year old
juveniles [21,26].

The purpose of this study was to reconstruct growth curves for juvenile (0+ year old)
crown-of-thorns starfish on the northern GBR, based on intensive (near monthly) field sampling
of newly settled individuals. The exact ages of juvenile starfish cannot be verified, but may be inferred
for 0+ year old starfish by assuming that settlement occurs within a relatively narrow period [10,17].
Here we provide, for the first time, monthly ranges of growth rates for 0+ year juveniles to inform
crown-of-thorns starfish population models. In addition, we compare these results to previous field
studies and present ranges of predicted mean sizes for different age classes that can be used to inform
the planning of future juvenile monitoring studies on the GBR.

2. Materials and Methods

2.1. Field Collection

All field sampling was conducted in conjunction with the Association of Marine Park Tourism
Operators’ (AMPTO) crown-of-thorns starfish control vessels during the fourth recorded outbreak
of Acanthaster cf. solaris [27] on Australia’s GBR. One hundred and eleven sites on 64 reefs within
six geographic locations (or reef complexes) located between 14.72◦ S and 17.67◦ S were sampled
between 7 May and 15 December 2015 (Figure 1). At each site, 1–2 SCUBA divers searched coralline
algae encrusted pieces of dead coral and live coral colonies for juvenile crown-of-thorns starfish and
their feeding marks. Individual pieces of live and dead coral were thoroughly inspected for juvenile
starfish if feeding marks were sighted on exposed surfaces. Each diver was able to cover up to 250 m2

during a typical 40 min dive. However, if juvenile abundances were high (e.g., 40 individuals collected
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during a 40 min dive), search effort was restricted to a much smaller area (≈50 m2). All starfish
(target size ≤ 50 mm) were collected and placed in sampling jars underwater. This size threshold
was selected, as previous growth models [17,21,24] predict that the mean size of starfish from the
previous year’s cohort would be >50 mm at the time of our first sampling (May 2015). The size of
individuals was not measured in situ, and as such, two of the 3532 juveniles were slightly larger than
50 mm (52.5 mm and 64 mm). These larger individuals were collected in November/December 2015,
and were retained in the analysis, as they were likely to have come from the same cohort. After each
sampling dive, juvenile starfish were kept alive in containers filled with seawater, and their maximum
diameter was measured to the nearest half millimetre with a stainless steel ruler. Once starfish were
measured, all individuals were preserved in 95% ethanol for future analyses.

Figure 1. Map of the north Queensland coast showing the sampling locations (n = 111) and designated
reef complexes (n = 6) for the collection of 0+ year crown-of-thorns starfish.

2.2. Growth Curve Analysis

On the GBR, spawning has been reported to occur throughout summer months, but is concentrated
in December and January [6]. In the year of sampling, Uthicke et al. (2015) [28] reported that spawning
occurred between 10 and 21 of December 2014 in the area of the northern GBR relevant to our study
(i.e., 1 to 7 days prior to sampling), and that there was no subsequent spawning throughout December
or January. Assuming a planktonic larval duration of 10 to 40 days [22,23,29–32], settlement is
likely to have occurred predominantly—if not exclusively—in early January 2015. As age of sampled
individuals cannot be verified, age of sampled juveniles for the model was based on the assumption that
all juveniles settled on 1 January 2015 (i.e., 10–21 days after the reported spawning, which incorporates
the 17–22 peak settlement window determined by Pratchett et al., in review [33]). Ultimately, all growth
estimates are presented as monthly growth rates, and so even if crown-of-thorns starfish settled over
several days to weeks, it would have limited influence on our results.
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All exploratory and growth curve analyses were conducted using R [34]. A series of preliminary
models (e.g., logistic growth model and exponential growth model) were fitted to the 2015-juvenile
size data to determine which type of model was most suitable to describe the relationship between
size and age. Visual inspection and exploratory analysis of the fitted growth curves (based on least
residual sum of squares) identified an exponential growth model (as suggested by Okaji (1996) [25]) in
the following form as the most accurate in describing the shape of the size measurement data:

SizeAge = β0 × e k x Age + β1 (m1)

where Size is the diameter of starfish in mm, Age is number of days since 1 January, and β0, k, and
β1 are parameters to be estimated. As size measurements were missing for the initial four months of
development (i.e., sampling period: January to April 2015), the y-intercept (i.e., SizeAge=0) was fixed
to a biologically meaningful size (see below), representative of the range of predicted mean sizes for
newly metamorphosed juvenile starfish in the laboratory ([23]; see Appendix A, Table A1). The growth
model may therefore be represented as:

SizeAge = β0 × e k x Age + (SizeAge=0 − β0) (m2)

Three estimates of size after metamorphosis (i.e., SizeAge=0 = 0.30 mm, 0.56 mm, and 0.82 mm)
from Fabricius et al. (2010) [23] were used to generate three different m2 models (m2Size at Age0=0.30,
m2Size at Age0=0.56, m2Size at Age0=0.82). Best-fit parameter estimates for m1 (β0, k, and β1) and m2 (β0, k)
models were obtained with associated 95% confidence intervals using the nlstools package [35].
Residuals from the preliminary models were found to display a distinct wedge pattern, indicating that
variance was related to age of juveniles, and thus multiple variance functions (Age2, Age3, Age4) were
trialled to optimize best-fit parameter estimates for each model (m1, m2Size at Age0=0.30, m2Size at Age0=0.56,
m2Size at Age0=0.82). Best-fit parameter estimates for all 12 models were then used to perform linear mixed
effect analysis of the relationship between Size and Age using the nlme package [36]. Reef complex and
survey sites were included in the linear mixed effect models as nested random factors to account for
variation at the site and reef complex scale, and variance structures (Age2, Age3, Age4) were included
to account for the variation in size with age. Best-fit models were selected based on lowest Akaike
Information Criterion (AIC). No evidence of spatial autocorrelation was found after both visual
(variograms and bubble plots) and statistical inspection (incorporating spatial correlation structures
into mixed effects models).

A selection of best-fit models and corresponding 95% confidence intervals was then plotted
using the ggplot2 package [37]. The best-fit model of m2Size at Age0=0.56 was plotted with the upper
bound of the 95% confidence interval of m2Size at Age0=0.82 and the lower bound of the 95% confidence
interval of m2Size at Age0=0.30, forming a so-called “combined 95% confidence interval”. Growth rates
(i.e., growth increment per unit time) were calculated for different time spans (i.e., 30-day intervals) for
the upper bound of the 95% confidence interval of m2Size at Age0=0.82, and the lower bound of the 95%
confidence interval of m2Size at Age0=0.30 to provide ranges of modelled growth rates.

3. Results

Size ranges of juvenile starfish increased as sampling progressed through the year (Figure 2a).
Juveniles sampled in May measured between 3 and 15.5 mm in size (size range = 12.5 mm), while those
sampled in December ranged from 8.5 to 52.5 mm (size range = 44 mm) (Figure 2a), representing a
3.5-fold increase in size range within this time period.

For m1 models (variable intercept), growth was indeed exponentially related to age (t3420 = 59.79,
p < 0.0001), while including site (σ≈ 0.0007) and reef complex (σ≈ 0.0003) as random factors. Best model
performance was achieved with a variance structure of Age3 (AIC = 18,057), indicating that variance
increased cubically with age. However, the best-fit m1 model predicted mean size after metamorphosis
(SizeAge=0) to be 5.42 mm. This appears to be erroneous, as it is in stark contrast with the range of
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expected mean sizes for newly settled juveniles (i.e., 0.30–0.82 mm). Consequently, the m2 models
seemed to describe growth more accurately because their intercept was fixed to a biologically relevant
size after metamorphosis. Again, for m2 models (fixed intercept), growth was indeed exponentially
related to age (m2Size at Age0=0.82, t3420 = 59.55, p < 0.0001), and a variance structure of Age3 gave the
best model performance (m2Size at Age0=0.82, AIC = 18,071). Although overall model performance was
slightly reduced using the fixed intercept models (based on a higher AIC), fixing the intercept to
a biologically meaningful size provides a better characterisation of the growth curves for juvenile
crown-of-thorns starfish.

The growth curve analysis highlights increasing variation in size among older individuals.
As shown by the distribution of size–frequency data for different sampling periods (Figure 2a)
and the gradual widening of the combined 95% confidence interval (Figure 2b), variance increased
considerably as juveniles grew older. The increased variation in size with age was further reflected
by the increase of monthly ranges of modelled growth rates (Table 1). Ranges of modelled growth
rates increased from 0.028–0.041 mm·day−1 for one-month-old juveniles to 0.108–0.216 mm·day−1 for
twelve-month-old juveniles.

Figure 2. (a) Monthly size–frequency distributions of juvenile crown-of-thorns starfish sampled
during May–December 2015; (b) Fitted growth curve (m2Size at Age0=0.56, black line) and combined
95% confidence interval (light blue) for the 0+ year crown-of-thorns starfish cohort sampled in the
northern Great Barrier Reef (GBR). The combined 95% confidence interval is formed by the lower and
upper bounds of the 95% confidence interval of m2 growth models with size at age 0 set to 0.30 mm
and 0.82 mm, respectively. Individual starfish of the 2015 cohort are depicted as points, and the colours
indicate the reef complex (see Figure 1). Each boxplot (by sampling month) is characterised by a mean
size (horizontal middle line), ±one standard deviation (rectangle), and minimum and maximum size
(vertical line). The vertical lines of the grid indicate 30-day intervals.
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Table 1. Range of modelled mean sizes and growth rates for estimated age (in months after metamorphosis)
and different time spans (30-day intervals).

Estimated Age after
Metamorphosis

(Months)

Time Span
(30-Day
Interval)

Range of Modelled
Mean Sizes (mm)

Range of Modelled
Growth Rates
(mm·Day−1)

1 0–30 0.30–2.04 0.028–0.041
2 30–60 1.15–3.46 0.032–0.047
3 60–90 2.11–5.12 0.036–0.055
4 90–120 3.19–7.04 0.041–0.064
5 120–150 4.41–9.28 0.046–0.075
6 150–180 5.79–11.89 0.052–0.087
7 180–210 7.35–14.93 0.059–0.101
8 210–240 9.11–18.47 0.066–0.118
9 240–270 11.09–22.58 0.075–0.137

10 270–300 13.33–27.37 0.084–0.160
11 300–330 15.87–32.94 0.095–0.186
12 330–360 18.73–39.43 0.108–0.216

4. Discussion

This study provides the first estimates of monthly growth rates for 0+ year crown-of-thorns
starfish on the GBR based on intensive field sampling of newly settled juvenile starfish.
Juvenile crown-of-thorns starfish exhibited exponential growth over the first year on the reef and
reached a size of up to 52.5 mm by mid-December. Size ranges of juveniles increased by a factor of
3.5 from May to December. The marked increase in size range was also reflected in the results of the
growth curve analysis, which showed that the variation in size increased cubically with age in the
best-fit models. Similarly, ranges of modelled growth rates increase with age; while one month old
juveniles grow 0.028–0.041 mm·day−1, twelve-month-old juveniles grow 0.108–0.216 mm·day−1.

The increasing variation in size among older individuals may be attributed to variation in the
availability of suitable coral prey within specific study sites and microhabitats. Although laboratory
studies have shown that same-aged newly settled crown-of-thorns starfish vary in size from
the beginning of their post-metamorphic life [23], marked variations in growth rates of juvenile
starfish are generally attributed to the availability of suitable coral prey [20,38]. At settlement,
crown-of-thorns starfish feed on coralline algae, and it is thought that they preferentially settle
in locations (and microhabitats) where coralline algae are ubiquitous [18,39]. After an obligatory
period of feeding on coralline algae (4.5—Yamaguchi 1973 [18]), juvenile starfish may or may not
transition to feeding on Scleractinian corals, depending upon the local availability of suitable coral
prey [10]. The fastest growth rates recorded in both field and laboratory settings are for individuals
that make rapid transitions to coral feeding, resulting in accelerated growth and are reported to be
significantly larger than siblings that continue to feed on algae [21]. Individual crown-of-thorns starfish
that continue to feed on coralline algae after 4–5 months are thought to be more vulnerable to predation
by epibenthic fauna [18], whereas fast-growing juveniles that make a rapid transition to feeding on
coral—and thereby escape this predation pressure—are more likely to survive [40]. As sampling
was conducted on 64 reefs across 111 sites, the availability of suitable coralline algae and coral
prey would have differed considerably among microhabitats within and between sampling sites.
Individual sampled starfish are likely to have been exposed to different environmental pressures
(e.g., predation and food availability) in each of these microhabitats, which would have shaped their
growth in the first year of development differently. Consequently, the gradual widening of the 95%
confidence interval likely reflects differential growth rates between individuals that have transitioned
to feeding on live coral versus those continuing to feed on coralline algae. This appears to be driven by
a varying availability of suitable coral prey within microhabitats.
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Ranges of modelled growth rates were broadly comparable to both laboratory-reared individuals
released into the field [25] and the growth of juvenile cohorts in Japan and Fiji [10,17]. Observed mean
sizes, standard deviations, and size ranges of juveniles sampled in these studies [10,17,25] were plotted
to the fitted growth curve for comparison (Figure 3). Given the uncertainties related to the approach
taken to estimate age in Zann et al. (1987) [10] and Habe et al. (1989) [17], and the discrepancies
related to ages being estimated in months instead of days, estimated ages were not standardised across
different studies. Care should therefore be taken when interpreting the results of this comparison.
While Zann et al. (1987) [10] and Habe et al. (1989) [17] followed distinct cohorts of juvenile starfish
in the field, Okaji (1996) [25] deployed four groups of laboratory-reared juveniles of different ages
(i.e., 2 × 0-, 2-, and 3-month old juveniles) for varying periods of time (i.e., 49, 37, 57, and 92 days,
respectively). For each of these groups, he calculated an initial and final mean size before and after
deployment in the field (Figure 3).

Figure 3. Fitted growth curve (black line) and combined 95% confidence interval for the 2015
crown-of-thorns starfish cohort (GBR). Individual observations of the 2015 cohort are depicted as points,
while boxplots represent the results of previous field studies (Zann et al., 1987 [10], n = 651; Habe et al.,
1989 [17], n1986 = 683 and n1987 = 125; Okaji, 1996 [25], ninitial = 1137 and nfinal = 138). Each boxplot
is characterised by a mean size (horizontal middle line), ±one standard deviation (rectangle), and
minimum and maximum size (vertical line). Note that the estimated age in Zann et al. (1987) [10] and
Habe et al. (1989) [17] likely represents the age after fertilisation without taking into account potentially
long planktonic larval durations (PLDs); ages are therefore likely to be underestimated. In contrast,
the estimated age in Okaji (1996) [25] and the present study represents the age after metamorphosis
(i.e., after settlement).
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Ten-day old juveniles set out in the field on the GBR for 37–49 days grew on average
0.045–0.046 mm·day−1, mostly within the range of the modelled growth rates for the same
time span (i.e., 0.030–0.045 mm·day−1) [25]. Similarly, growth rates for 2-month-old starfish
(deployment time = 57 days) averaged 0.053 mm·day−1 compared to 0.038–0.059 mm·day−1;
while 3-month-old starfish (deployment time = 92 days) grew at a rate of 0.074 mm·day−1 compared
to 0.046–0.076 mm·day−1 [25]. Growth rates derived from the findings of field studies conducted
in Fiji [10] and Japan [17] are also broadly comparable to the range of modelled growth rates of
this study. In Fiji, growth rates averaged 0.087 mm·day−1 for juveniles between 7 and 12 months,
largely falling within the modelled range of 0.073–0.135 mm·day−1. Similarly, field studies conducted
in Japan showed that juveniles (between 4 and 6 months old) from the 1986-cohort and 1987-cohort
grew at 0.121 mm·day−1 and 0.139 mm·day−1 respectively, also within the modelled range of growth
rates (i.e., 0.083–0.158 mm·day−1) for the same time span. These results show that growth rates
of juvenile Acanthaster spp. in the field appear to be remarkably consistent over large geographic
scales. However, mean sizes of juveniles of the 1984-cohort (Fiji) and the 1986-cohort (Japan) deviate
considerably from the modelled mean sizes (Figure 3). In both studies, age was estimated based on the
date of spawning without taking into account of potentially long planktonic larval durations (i.e., up to
43 days [33]). For instance, juveniles that were sampled in Fiji in July were estimated to be seven
months old, based on the assumption of a January spawning [10]. Similarly in Japan, newly settled
starfish sampled in July were assumed to be one month old, based on the assumption of a mid-June
spawning [17]. Assuming a mid-June spawning and a pelagic larval duration of two weeks, settlement
would have occurred at the beginning of July at the earliest. However, juveniles that were collected in
July and August were already 2 and 4.30 mm, respectively [17]. These sizes seem considerably large,
as we know from laboratory studies that juveniles measure between 0.3 and 0.82 mm after settlement
and that it takes approximately 40–45 days to grow to 2 mm, and 80–90 days to grow to 4.3 mm [18].
As a result, ages in Zann et al. (1987) [10] and Habe et al. (1989) [17] are likely to be underestimated by
0.5–1.5 months, resulting in overestimates of growth rates.

An implicit assumption of this study was that spawning occurred within a relatively limited
period (in December 2014) across the entire study area. This assumption appears valid, given that
the estimated growth rates for field-deployed juveniles of known age are broadly comparable to the
range of modelled growth rates. The assumption of a single spawning event or narrow spawning
window is also supported by the fact that smaller juveniles became rare as sampling progressed
through the year (see Figure 2), indicating that settlement and so spawning did not occur throughout
the entire year. Furthermore, spawning occurred in the study area between the 10 and 21 of
December 2014 (temperature recorded at Lizard Island at 0.6 m between 12 and 30 December 2014:
28.58 ◦C–29.29 ◦C [41]) according to Uthicke et al. (2015) [28]. Assuming a planktonic larval phase of
10 to 40 days [22,23,29–31,33], settlement would have occurred between the 20 of December 2014 and
30 of January 2015. However, new research is suggesting that peak settlement likely occurs within
22 days after spawning and fertilization [33], and few larvae persist beyond 30 days post-fertilization.
Accordingly, Uthicke et al. (2015) [28] failed to detect larvae in plankton samples from 13 of January
onwards. If so, estimated ages (in days) of juveniles (measured from settlement) would have an
accuracy of ±12 days.

Low ocean current velocities linked to El Niño-Southern Oscillation (ENSO) hydrodynamics
that cause larval retention around reefs or within reef groups are thought to increase survival of
crown-of-thorns starfish larvae when they co-occur with enhanced phytoplankton concentrations [42].
According to Wooldridge and Brodie (2015) [42], the 2009 spawning event—which led to the onset
of the current outbreak in 2010/2011—coincided with nutrient-enriched stagnant shelf currents.
Larvae of the studied cohort would have been present in the water column between 10 December 2014
and 13 January 2015 (temperature range recorded at Lizard Island weather station between
12 December 2014 and 15 January 2015: 27.9 ◦C–29.5 ◦C [41]). Mean phytoplankton concentrations
(i.e., chlorophyll a) during this period averaged in the Wet Tropics 0.55 μg·L−1 (range: 0–7.35 μg·L−1)
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for coastal areas, 0.31 μg·L−1 (range: 0.01–12.42 μg·L−1) for midshelf areas, and 0.16 μg·L−1

(range: 0–8.09 μg·L−1) for offshore areas [43]. In comparison, mean chlorophyll a concentrations
in December 2009 averaged in the Wet Tropics 0.67 μg·L−1 (range: 0–11.61 μg·L−1) for coastal
areas, 0.31 μg·L−1 (range: 0.01–13.82 μg·L−1) for midshelf areas, and 0.19 μg·L−1 (range: 0–2.90
μg·L−1) for offshore areas [43]. While the Southern Oscillation Index (SOI)—which provides an
indication of ocean current velocity (neutral SOI = surrogate for low shelf currents)—was −5.5 in
December 2014 (compared to −7 in December 2009) and −7.8 in January 2015 (compared to −10.1 in
January 2010) [43]. Subsequent SOI values continued to decrease in 2015 to a −20.2 low in October,
indicating an El Niña event. Moderate increases in chlorophyll concentrations (up to 1.0–4.0 μg·L−1)
that significantly increase rates of larval development, survival, and settlement [23,32,33] would have
occurred on multiple occasions in the study area during the pelagic larval phase of the studied cohort.
Consequently, larval development, survival, and settlement may have been enhanced in the study
area during this time period, leading to high settlement rates and the development of this seemingly
conspicuous cohort in 2015.

5. Conclusions

Demographic rates are fundamental to understanding population dynamics and creating
meaningful population models. However, attempts to estimate these rates for 0+ year juvenile
crown-of-thorns starfish have been hindered by the ability to detect them in the field [14–16].
The present study not only demonstrates that 0+ year juveniles can be sampled in high numbers
(n = 3532), it also provides ranges of monthly growth rates to inform population models. Here, we also
provide evidence that supports the assumption that spawning and subsequent settlement occurred in
2014–2015 during a relatively narrow period of time across a vast geographic area (i.e., 350 km) on the
GBR. In addition, the predicted ranges of mean sizes for different sampling periods deliver valuable
information to research and management bodies for the planning of juvenile monitoring studies.
Rigorous ongoing monitoring should be conducted in the future on a number of selected sites to collect
field-based data on demographic rates (e.g., growth, recruitment, mortality, and reproductive output
rates) that can be related to variables such as food availability and adult population densities in order
to inform population models and improve our understanding of population and outbreak dynamics.
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Appendix A

Table A1. Mean sizes for newly-metamorphosed starfish reared in the laboratory under naturally
occurring chlorophyll a concentrations [23].

Chlorophyll a (μg·L−1) Mean Size (mm) Standard Error (SE)
95% Confidence

Interval (mm)

0.28 0.44 0.07 0.30–0.58
2.90 0.66 0.05 0.56–0.76
5.20 0.64 0.09 0.46–0.82
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Abstract: Specific patterns in the initiation and spread of reef-wide outbreaks of crown-of-thorns
starfish are important, both to understand potential causes (or triggers) of outbreaks and to develop
more effective and highly targeted management and containment responses. Using analyses of
genetic diversity and structure (based on 17 microsatellite loci), this study attempted to resolve
the specific origin for recent outbreaks of crown-of-thorns on Australia’s Great Barrier Reef (GBR).
We assessed the genetic structure amongst 2705 starfish collected from 13 coral reefs in four regions
that spanned ~1000 km of the GBR. Our results indicate that populations sampled across the full
length of the GBR are genetically homogeneous (G’ST = −0.001; p = 0.948) with no apparent genetic
structure between regions. Approximate Bayesian computational analyses suggest that all sampled
populations had a common origin and that current outbreaking populations of crown-of-thorns
starfish (CoTS) in the Swains are not independent of outbreak populations in the northern GBR.
Despite hierarchical sampling and large numbers of CoTS genotyped from individual reefs and
regions, limited genetic structure meant we were unable to determine a putative source population
for the current outbreak of CoTS on the GBR. The very high genetic homogeneity of sampled
populations and limited evidence of inbreeding indicate rapid expansion in population size from
multiple, undifferentiated latent populations.

Keywords: coral reefs; Great Barrier Reef Marine Park; population genetics; approximate
Bayesian computation

1. Introduction

Crown-of-thorns starfish (CoTS; Acanthaster spp.) naturally occur on coral reefs throughout the
Indo-Pacific [1,2] While normally found at low densities [3], sporadic population outbreaks of CoTS
cause significant localised coral loss and are a major contributor to the ongoing degradation of coral
reefs throughout the Indo West-Pacific [4–7]. Numerous hypotheses have been put forward to explain
the occurrence of CoTS outbreaks (reviewed by [1,2,8]), most of which incite an anthropogenic basis
for the purportedly recent and increasing occurrence of outbreaks. While their inherent life-history
characteristics (most notably their high fecundity [9]) predisposes CoTS to major fluctuations in
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abundance [10], there are two prominent theories proposed to trigger outbreaks; the larval survival
hypothesis suggests that anthropogenic eutrophication of nearshore waters dramatically increases
the survival of planktonic larvae [11–13], whereas the predator removal hypothesis postulates that
overfishing of natural predators has allowed more CoTS to reach sexual maturity [1]. Tests of either
hypothesis require improved knowledge of when and where outbreaks start and corresponding
research on environmental conditions and population demographics of CoTS at these locations.

Outbreaks of CoTS on Australia’s Great Barrier Reef (GBR) were first documented in 1962 [14],
though there are earlier reports of high densities of starfish (which may or may not have constituted an
“outbreak”) on the GBR e.g., [15,16]. Since 1962, there have been three additional outbreak episodes on
the GBR, starting in 1979, 1993 and 2009. However, each outbreak has followed a reasonably consistent
pattern where primary outbreaks were first recorded on mid-shelf reefs between Lizard Island and
Cairns (the ‘initiation box’; Fabricius et al. [13]), followed by a wave of ‘secondary outbreaks’ that tend
to propagate southwards [17,18]. Biophysical modelling of larval dispersal patterns suggests that reefs
within the initiation box are highly connected [19], thereby explaining why outbreaks that initiate in
this region inevitably lead to reef-wide outbreaks. However, limited temporal and spatial resolution
of monitoring e.g., [20], as well as inevitable delays in responding to new outbreaks mean that it is
still unclear where exactly outbreaks arise. It is also unknown whether outbreaks start from a small
cluster of reefs within this area or arise simultaneously on widely separated reefs [2]. Resolving the
exact timing and location where outbreaks start is important to establish environmental triggers [13]
or changes in population demographics [21] that cause outbreaks. This could also lead to improved
management and containment strategies to stop outbreaks before they spread.

Although native to the GBR, the spatial distribution of CoTS following an outbreak closely
resembles the spread of invasive species and infectious diseases [22]. Historical and observational
data have previously identified invasion routes or disease vectors e.g., [23], but direct observations
have proven ineffective for CoTS e.g., [20], where it is still unclear whether outbreaks start from a
single reef or arise simultaneously from separate locations [24]. The rapid expansion of populations
following biological invasions can, however, lead to distinct patterns of genetic structure and diversity.
Genetic data have increasingly been used as an indirect method to describe the spread of invasive
species [25,26] and infer the relationship between discrete populations or possible migration routes [27].
Elaborating on these patterns, model-based statistics can provide probabilistic estimations of the
demographic and genetic history that are necessary to generate observed patterns of genetic structure
e.g., [28,29]. Approximate Bayesian computation (ABC) approaches that incorporate the divergence
and admixture of populations, as well as changes in population size and structure [30] can provide
important information on the likely initiation and spread of species e.g., [31,32].

This study examines genetic diversity and structure, based on sampling of crown-of-thorns
starfish during the current outbreak on the GBR. Over four thousand starfish were sampled at 13 reefs
spanning ~1000 km. The spatial genetic structure of a CoTS outbreak will depend on the history of
the source population(s), the size of the initial population(s), the dispersal of individuals that led to a
primary outbreak and successive secondary outbreaks. While the demographic factors contributing
to each stage of an outbreak are unclear, a recent review clarifies many aspects of their population
dynamics and life-history characteristics [2]. A model-based approach would therefore allow us to take
into account the stochasticity of these demographic processes and test multiple scenarios that would
have generated the observed spatial population structure of CoTS on the GBR. Specifically, we test
whether the outbreak was generated from a single source population in the ‘initiation box’ or multiple
populations. If a small number of individuals from a single source population caused a localised
primary outbreak, we would expect successive secondary outbreaks to be affected by a single
bottleneck, be composed of highly related individuals and have low genetic diversity. If the primary
outbreak originated from multiple populations, we would expect multiple bottlenecks, founding a
widespread admixed population, and high genetic diversity. Using a model-based Bayesian approach,
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we explore the likelihood of competing outbreak scenarios against the observed spatial genetic structure
of CoTS to determine the most parsimonious origin of primary outbreaks on the GBR.

2. Materials and Methods

2.1. Sample Collection

Crown-of-thorns starfish (Acanthaster cf. solaris) were collected between April 2013 and May 2015
from 13 reefs between Lizard Island (S 14.7; E 145.4) and the Swains reefs (S 22.3; E 1527) (Figure 1).
Starfish were collected whilst snorkelling or SCUBA diving (depending on working depths). All starfish
were kept alive in 500 L tanks connected to high flow-through seawater systems on live-aboard boats
or at the Lizard Island research station for a maximum of 20 h before being processed. Starfish were
placed on their aboral surface to remove tube feet for genetic analyses; 5–10 tube feet (depending
on size) were removed using fine scissors to cut the tube feet close to their base. Multiple tube feet
from each individual were placed together in 2-mL vials of 100% ethanol. Later, a single foot was
taken, frozen and transported in dry ice for processing at King Abdullah University of Science and
Technology (KAUST). All equipment used during sampling and processing was sterilised using a
three-step rinse procedure involving bleach, water and ethanol.

 
Figure 1. Sampling locations of crown-of-thorns starfish (CoTS) on the Great Barrier Reef. Over four
thousand CoTS were collected between April 2013 and May 2015 from reefs between Lizard Island
(S 14.7; E 145.4) and the Swains reefs (S 22.3; E 1527).

2.2. Microsatellite Genotyping and Locus Characteristics

The genetic diversity amongst sample populations was assessed using 26 previously-described
microsatellite loci [33–36]. Full details of microsatellite development and screening are available in
Harrison et al. [36]. DNA extractions were performed from single tube feet following procedures
described in the Nucleospin-96 Tissue kit (Macherey-Nagel, Germany), and microsatellites were
amplified in four multiplex reactions of 6 or 7 loci. All PCR were performed using the QIAGEN
Microsatellite Type-it kit (QIAGEN, Germany) and screened on an ABI 3370xl DNA Analyzer
(Applied Biosystems). PCRs were repeated on 96 individuals to estimate locus-specific genotyping
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error. Individual genotypes were scored in Genemapper v4.0 (Applied Biosystems), and unique alleles
were distinguished using marker specific bin sets in the R package ‘msatallele’ [37].

The numbers of genotyped individuals (N), number alleles (Na), observed heterozygosity (Ho)
and expected heterozygosity (He) were estimated for each locus using GenAlEx v6.5 [38,39]. The exact
test of Hardy–Weinberg and the score test for heterozygote deficiency were performed in Genepop
on the web [40,41] alongside Weir and Cockerham’s estimate of FIS [42]. The probability test
for linkage disequilibrium was performed for each pair of loci in Genepop on the web based on
10,000 dememorisations, 5000 batches and 10,000 iterations. Significance levels of 0.05 were adjusted
for a given false discovery rate of 10% to account for multiple testing [43]. The presence of null alleles
was determined from 700 randomly selected individuals in Microchecker [44] based on the estimator
of Brookfield [45].

2.3. Diversity Analysis of Sampled Populations

Allelic richness, observed and expected heterozygosities within populations were calculated
in GenoDive 2.0 [46]. To assess population structure, we estimate global and pairwise genetic
differences among sampled reefs within regions. Given the high level of heterozygosity in microsatellite
markers, the degree of global genetic differentiation among populations was estimated from Hedrick’s
standardised fixation index G’ST [47]. Population structure among reefs was estimated from an
analysis of molecular variance (AMOVA) with reefs nested in regions. Significance was assessed from
9999 permutations, and the standard deviation of genetic variance was obtained through jack-knifing
over loci. The significance of population differentiation between all pairs of populations was assessed
from 9999 permutations over populations. We tested for isolation by distance (IBD) by comparing the
pairwise matrix of linearised genetic distance (Hedrick’s G’ST) and geographic distance (km) between
all sampled reefs. Statistical significance was assessed using a Mantel test with 9999 permutations, and
significance values are shown.

2.4. Spatial Genetic Clustering

We applied a model-based Bayesian clustering method implemented in Structure v2.3.2 [48,49]
to evaluate the most parsimonious allocation of samples to distinct genetic clusters following the
method described by Evanno et al. [50]. If population outbreaks of CoTS stem from the successful
fertilisation of multiple populations, we would expect the likelihood probability of the data to depart
from its expected distribution of a single homogenous population. We performed three short runs
for each number of populations K, from K = 1 to 10, and calculated the mean posterior probability
for each value of K. Each run assumed population admixture for correlated allele frequencies and no
a priori population assignment. The burn-in length was 30,000 followed by a Markov chain Monte
Carlo (MCMC) length of 50,000 repetitions. The initial Dirichlet parameter for the degree of admixture
‘alpha’ was fixed to 1.0 in all simulations.

The statistical power to detect genetic structure amongst sampled populations was evaluated
in the software Powsim v4.1 [51]. Three tests were performed to determine whether the number of
sampled individuals, the number and diversity of loci could detect FST values of 0.0010 and 0.0005
and 0.0001. Each test assumed an effective population size of 5000 individuals and divergence times
of 10, 5 and 1 generations, respectively. Due to software limitations in the number of alleles per locus,
Apl19 was excluded from these analyses. The numbers of dememorisations, batches and iterations
were set at 1000, 100 and 1000, respectively. A total of 1000 replicates were run for each test.

2.5. Approximate Bayesian Computation of Source Populations

We developed four scenarios to represent the possible origins and subsequent spread of CoTS
outbreaks on the GBR and used an approximate Bayesian computation approach to determine the
probability of each scenario to generate observed patterns of genetic diversity. All analyses were
developed using DIYABC 2.1.0 [52,53]. Each scenario was defined to represent possible historical
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events and demographic changes, including possible population bottlenecks, the effective population
sizes of ancestral populations, as well the number of individuals that would have contributed to
primary outbreaks, the effective population size of sampled populations and possible divergence times.
The four scenarios represent: (i) independent primary outbreaks in the northern and southern GBR,
which led to separate secondary outbreaks in the northern and southern GBR (Figure 2a); (ii) a single
primary outbreak, which led to secondary outbreaks with a common origin (Figure 2b); (iii) divergence
of the northern and southern GBR populations followed by independent primary outbreaks in each of
the five focal regions and subsequent secondary outbreaks (Figure 2c); and (iv) sequential secondary
outbreaks starting from a common population at Lizard island (Figure 2d).

Figure 2. Graphical representation of competing scenarios used in an approximate Bayesian
computation (ABC) framework. Each scenario represents a possible outbreak history of crown-of-thorns
starfish (CoTS) on the Great Barrier Reef. (a) Independent primary outbreaks in the northern
and southern GBR, which led to separate secondary outbreaks in the northern and southern GBR;
(b) a single primary outbreak, which led to secondary outbreaks with a common origin; (c) divergence
of the northern and southern GBR populations followed by independent primary outbreaks in each of
the five focal regions and subsequent secondary outbreaks; (d) sequential secondary outbreaks starting
from a common population at Lizard island. The Y-axis indicates the number of generations between
events (not to scale). Populations have been abbreviated as follows: Lizard Island (Li), Cooktown (Co),
Cairns (Ca), Townsville (To) and Swains (Sw).

In order to make the ABC approach computationally feasible, we performed all tests on a subset
of 68 randomly selected individuals from Lizard Islands, Cooktown, Cairns and Townsville and all
68 individuals from the Swains. All 17 loci were kept in the analysis. Parameters of mutation models
of microsatellite loci were drawn from a set of 10,000 simulations generated for each putative scenario.
The posterior probability value of each scenario was determined following 100,000 simulations of each
scenario. The details of the ABC parameters and analyses are described in Figure S3.
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2.6. Inbreeding

The mating of closely-related individuals, or closely-related groups of individuals, can result in
an increase in the frequency of homozygote loci and, thus, heterozygote deficiency. The coefficient
of inbreeding f is the probability that two alleles at any one locus are identical by descent (IBD) [54]
Wright 1943) so that the progeny of close relatives will have many autozygous genotypes. We measured
the multilocus heterozygosity (MLH) [55,56] to investigate the occurrence of inbred individuals in
our sample. MLH is the proportion of loci at which an individual was heterozygous divided by the
mean heterozygosity across all samples. If individuals are in fact inbred, all loci should exhibit signs
of excess heterozygosity deficiency, and estimates of MHL from two random sets of loci should be
similar. Furthermore, our sample should exhibit lower estimates of MLH than a random population
generated from the observed allelic frequencies. We estimated MLH of CoTS sampled and tested the
correlation between randomly selected sets of loci in the R package ‘Rhh’ [57]. Ninety-five percent
confidence intervals around the mean were estimated from 999 iterations. Simulated genotypes
were generated from observed allelic frequencies using R packages ‘gstudio’ [58] and ‘adegenet’ [59],
and MLH between groups were compared used a paired t-test. Inbreeding should result in a significant
over-representation of individuals with a low MLH when compared to randomly-assorted genotypes.

3. Results

A total of 4082 individual CoTS were collected between April 2013 and May 2015 from
13 reefs between Lizard Island and the Swains reefs (Figure 1). All individuals were genotyped
at 26 microsatellite loci, and the final dataset was curated to focus on five focal regions (Table 1).
Individuals removed from the data included 642 individuals sampled prior to September 2013 or less
than 80 mm in length and 121 individuals that were sampled from reefs where less than 50 individuals
were sampled.

Table 1. Sampling locations of 2705 crown-of-thorns starfish collected on the Great Barrier Reef that
were then genotyped with 17 microsatellite loci. Table includes collection period, the number of
genotyped individuals (N), allelic richness (AR) and the observed (Ho) and expected heterozygosity of
each sampled population (Hs).

Region Sampling Site Latitude Longitude
Date of

Collection
N AR Ho Hs

Lizard Is Lizard Island reefs −14.6916 145.4479 Oct 2013–Feb 2015 385 5.6 0.673 0.685
Lizard Is MacGillivray Reef −14.6524 145.4892 Oct 2013 192 5.4 0.675 0.685
Lizard Is Nth Direction −14.7445 145.5399 Oct 2013 247 5.6 0.674 0.690
Lizard Is Sth Direction −14.8562 145.4825 Oct 2013 182 5.3 0.672 0.684

Cooktown Emily Reef −15.6325 145.6511 Feb 2014 278 5.5 0.687 0.688
Cooktown Endeavour Reef −15.7823 145.5847 Feb 2014 208 5.6 0.683 0.692
Cooktown Pickersgill Reef −15.8838 145.5640 Feb 2014 151 5.6 0.670 0.693
Cooktown Spitfire Reef −16.1148 145.6424 Oct 2013 155 5.4 0.673 0.688

Cairns Arlington Reef −16.7749 145.9767 Sept 2014 262 5.4 0.670 0.685
Cairns Hedley Reef −17.2474 146.4637 Sept 2014 275 5.4 0.666 0.684
Cairns McCulloch Reef −17.2996 146.4257 Sept 2014 265 5.4 0.673 0.686

Townsville Townsville reefs −18.4303 146.8209 Nov 2014 137 5.5 0.651 0.682
Swains Swains reefs −22.3112 152.6720 May 2015 68 5.5 0.685 0.694

Poor DNA quality or the possible presence of PCR inhibitors in DNA extractions led to a large
amount of missing data and genotyping error. A training dataset [36] identified four loci (Apl21, Apl36,
Apl39 and Maki12) with over 3% genotyping error and five loci (Apl01, Apl25, Apl27, Apl29 and Apl37)
with over 30% missing data, which were all discarded prior to analysis. In addition, 600 individuals
with four or more missing loci were discarded from further analyses along with 14 duplicate genotypes
associated with the presence of missing data.

Of an initial 4082 samples, our final data included 2705 unique individuals from 13 reefs from
Lizard Island (n = 1002), Cooktown (n = 692), Cairns (n = 802), Townsville (n = 137) and the Swains
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(n = 68). Individuals ranged from 90 mm to 510 mm (mean = 282 mm ± 66 mm SD) with no statistical
difference in the size of individuals between regions. Amongst all genotyped individuals, 1925 were
identified as either mature male or mature female with 1.34 males for every female. This ratio was
used to parameterise the ABC models.

3.1. Microsatellite Data

Data presented here contained 17 polymorphic loci with 1.7% missing data (Table 2). The mean
number of alleles per locus was 17.4 and ranged from four to 62 alleles. Similarly, the average observed
heterozygosity was 0.67 and ranged from 0.21 to 0.95. Each locus was tested for departure from
Hardy-Weinberg equilibrium, and nine loci showed non-random association of alleles after correction
for multiple testing. A specific test for heterozygous deficiency highlighted 12 loci with a higher
than expected frequency of heterozygotes after correction for multiple testing. Estimates of Weir
and Cockerham’s FIS were positively skewed with an average FIS of 0.017 ± 0.004 SE across all loci,
which suggests some degree of inbreeding in these populations. Amongst 136 pairwise comparisons,
two locus pairs measured linkage disequilibrium after correction for multiple testing, and no locus
showed evidence of null alleles.

Table 2. Characteristics of 17 microsatellite used in the analysis of genetic diversity in crown-of-thorns
starfish, Acanthaster cf. solaris. The number of genotyped individuals (N), number of alleles (Na),
observed (HO) and expected (HE) heterozygosity were measured from 2705 unique individual
from the Great Barrier Reef. The exact test of Hardy–Weinberg (HWE-p) and a specific test for
heterozygosity deficiency (HWE-h) were measured alongside Weir and Cockerham’s measure of FIS

(F). Significant values following correction for multiple comparisons are shown in bold.

Locus
name

N Na Ho He
Missing
Data (%)

HWE-p HWE-h F

AP1 2705 4 0.648 0.657 0.0 0.399 0.159 0.0091
AP12QS 2703 6 0.490 0.514 0.1 0.002 0.001 0.0321
AP654 2689 11 0.685 0.702 0.6 0.389 0.047 0.0089

AP9 2702 23 0.845 0.843 0.1 0.471 0.360 0.0009
Hisayo01 2688 32 0.804 0.829 0.6 0.010 0.003 0.0179
Maki03 2701 28 0.775 0.792 0.1 0.001 0.005 0.0123
Sayo03 2659 9 0.492 0.519 1.7 0.010 0.006 0.0273

AP11QS 2703 11 0.751 0.762 0.1 0.171 0.119 0.0056
AP30QS 2705 9 0.617 0.625 0.0 0.010 0.001 0.0635
AyU03 2704 29 0.885 0.876 0.0 0.276 0.917 −0.0041

Yukina06 2681 32 0.878 0.917 0.9 0.000 0.000 0.0287
AP5QS 2705 7 0.590 0.600 0.0 0.000 0.014 0.0211
Apl07 2440 7 0.390 0.409 9.8 0.040 0.009 0.0269
Apl19 2474 62 0.949 0.965 8.5 0.644 0.010 0.0066

Etsuko01 2657 10 0.772 0.777 1.8 0.001 0.183 0.0045
Sayo01 2704 7 0.214 0.220 0.0 0.095 0.035 0.0148
Apl02 2577 10 0.653 0.669 4.7 0.335 0.032 0.0108

3.2. Spatial Patterns of Genetic Diversity

The mean allelic richness (AR) and genetic diversity (HS) within sampled reefs were high
(AR = 5.5; HS = 0.687) and consistent among reefs (Table 1). There was no evidence for genetic
differentiation amongst sampled reefs with global estimates of G’ST = −0.001 (p = 0.948) and no
genetic variance amongst regions (FCT = 0.000 ± 0.000 SD) or amongst populations nested in
regions (FSC = 0.000 ± 0.000 SD; Table 3). Pairwise genetic differences amongst populations were
not significantly different from zero (Table 4), and showed no evidence of isolation by distance
(Mantel test: p = 0.9).
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There was, however, evidence of low, but significant heterozygote deficiency within the sample.
Individual heterozygosity was lower than would be expected in a large, randomly-mating population
with a global estimate of GIS = 0.022 (p = 0.001) and amongst individuals within individuals reefs
(FIS = 0.021 ± 0.004 SD). Such patterns are commonly associated with evidence of the mixing of
different source populations (Wahlund effect), inbreeding due to the mating of close relatives or
the non-random sampling of a limited number of familial pools. The level of heterozygote deficiency
also varied amongst reefs, ranging from −0.004 to 0.048 and an average GIS of 0.021 ± 0.012 SD
amongst reefs.

Using the whole sample of individuals without prior information of sampling location,
the population could not be partitioned into independent populations, indicating that the sample
has a common origin. The largest mean log-likelihood values of the data were for K = 1 population
and decreased with increasing values of K (Figures S1 and S2). The result provided by the analysis
of spatial genetic clustering could not unambiguously detect separate groups of individuals in the
sample, indicating a homogenous population, and does not support a Wahlund effect as a source
of heterozygote deficiency. The power of the tests suggest that the number of sampled individuals,
the number of loci and the allelic diversity at these loci were sufficient to detect genetic structure
amongst sampled populations. At a level of differentiation of FST = 0.0005, the power to detect genetic
heterogeneity with 95% confidence was 100%. At the lowest level of differentiation (FST = 0.0001),
the power was reduced to 53.7%. Analyses were repeated after excluding nine loci that did not
meet equilibrium assumptions (AP12QS, Hisayo01, Maki03, Sayo03, AP30QS, Yukina06, AP5QS, Apl07,
Etsuko01). Results from these runs were not different from runs with the full dataset.

3.3. Inbreeding

We measured low, but significant levels of heterozygote deficiency in most screened loci,
which could indicate the presence of inbred individuals in our sample. However, the mean multilocus
heterozygosity correlation was −0.003 (CI 95% −0.025 to 0.019) indicating that the heterozygote
deficiency was not significantly different across loci. To confirm that inbreeding was not the cause of
heterozygote deficiency in sampled CoTS, we compared the MLH between sampled and simulated
genotypes. Amongst all CoTS sampled in the GBR, the average MLH was 0.29 ± 0.11 SD, which was
not significantly different from simulated genotypes (0.26 ± 0.10 SD, t = −9.41, df = 2704, p-value = 1).

3.4. ABC Framework

The most likely scenario supported by the ABC analyses was Scenario 4 (Figure 2d),
whereby all sampled populations originated sequentially from a single common primary outbreak
(Figure S4). However, the outcomes of this scenario could not be distinguished from Scenario 2,
whereby sampled populations originated from a single common primary outbreak at the same time
point (Figure 2b). Both scenarios were more representative of the observed data than alternative
scenarios that incorporated a divergence between the Swains and the northern populations (Figure 2a,c).
In all simulated scenarios, ABC analyses were particularly sensitive to the effective population size for
the ancestral population (Nanc). The posterior distribution of Nanc was however consistent amongst
scenarios, and estimates suggest that the effective population size that would have led to a primary
outbreak would be ~5000 individuals (Table 5; Figure S3).
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Table 5. Prior distribution of historic and genetic data associated with evolutionary scenarios in the
ABC analysis.

Parameter Definition Distribution (Interval, Mean, SD)

Nanc Effective population size of an ancestral population Normal (103 to 104, 5 × 103, 103)
Nprim Effective population size of a primary outbreak Normal (103 to 104, 4 × 103, 8 × 102)
Nsamp Effective population size of a sampled population Normal (5 × 104 to 2 × 105, 8 × 104, 104)

t1 Divergence time of independent outbreaks Uniform (1 to 10)
db Foundation time of a primary outbreak Uniform (1 to 10)

t2 Divergence time of northern and southern
populations Uniform (102 to 1.5 × 103)

Mean μ Mean mutation rate Gamma (10−4 to 10−3, 10−4, 2)

Mean P Mean of the geometric distribution of the number
of repeats Gamma (10−2 to 10−0, 5.5 × 10−1, 3)

Mean μSNI Mean single nucleotide insertion/deletion
mutation rate Gamma (10−8 to 5 × 10−5, 1.5 × 10−5, 3)

4. Discussion

Assessing a species’ dispersal ability and capacity to colonise new habitats is critical for our
understanding of their population biology and ecology [60,61], particularly where species have
ecological or economic importance. CoTS outbreaks represent the single most important biological
disturbance on coral reefs throughout the Indo West-Pacific [62] and often account for up to 50% of
coral loss recorded on coral reefs over the last few decades [5–7]. For these starfish, knowledge of
population structure and the movement of individuals among reefs can greatly influence management
decisions e.g., [19], leading to improved detection and understanding of the patterns of outbreaks,
as well as prioritisation of reefs for direct intervention (culling) in an attempt to contain outbreaks.
In the current study, we investigated the genetic diversity and structure of CoTS on the GBR with
the specific intention of identifying the origin and the direction of subsequent spread for current
outbreaks apparent at reefs between Cooktown and Townsville, as well as at Swains reefs, in the
southernmost portion of the GBR. This would have further important management ramifications,
whereby containment of future outbreaks would be most effective by concentrating monitoring
and control on the reef(s) where outbreaks initiate. Our results indicate that populations sampled
across the full length of the GBR are genetically homogeneous, highly diverse and have no apparent
genetic structure. Furthermore, model-based Bayesian analyses showed that the current outbreaking
population of CoTS in the Swains is not independent of the outbreak populations in the northern GBR,
but share a common origin.

We found no evidence of genetic structure amongst CoTS genotyped from 13 reefs and five regions
spanning over 1000 km along the GBR. While the genetic diversity in our sample was high, there was
no variance in diversity among reefs. Power analysis confirms that our data were sufficient to detect
even very low degrees of genetic differentiation (FST > 0.0005) had there been any structure in the
sampled population. The results indicate that CoTS from Lizard Island to the Swains are genetically
homogenous. There was a small but significant deficiency in heterozygosity amongst individuals
that could have arisen from: (i) the successful reproduction among differentiated populations
(Wahlund effect); (ii) the mating of close relatives (inbreeding) or (iii) the sampling of close relatives.
We could not distinguish independent clusters in our sample, and therefore, a Wahlund effect is unlikely
(sensu [63]). Moreover, multilocus genotypes did not provide consistent evidence of inbreeding.
We did find evidence that some individuals were highly related, which would result in a small but
significant deficit in heterozygosity (data not shown). The strength and number of relationships
between individuals from the same or different reefs could not, however, distinguish between
alternative explanations for deficiencies in heterozygosity. Furthermore, a spatial autocorrelation
analysis did not identify any relationship between the relatedness of individuals and their spatial
distribution. Previous sampling during non-outbreak periods reported small but significant genetic
structure among latent CoTS populations on the GBR (FST = 0.003, [64]), even though they also found
limited structure when sampling each outbreak population.
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Our ability to determine a putative source population for the current outbreak of CoTS on the
GBR is significantly constrained by the limited genetic structure (sensu [65,66]), despite hierarchical
sampling and large numbers of CoTS genotyped from individual reefs and regions. Very high levels
of homogeneity across the 2705 individual starfish points to the recent and very rapid increase in
population size of CoTS across the GBR, which has arisen from either a single source population
or multiple undifferentiated populations. A single origin would be expected to generate some
inbreeding and highly related individuals, which the data do not support. A more parsimonious
explanation, therefore, is that the current outbreak arose almost simultaneously across a number of
reefs, but with largely undifferentiated latent populations. This is consistent with reports during the
last major outbreak in 1994, whereby increasing CoTS densities occurred almost simultaneously at
Lizard Island and several nearby reefs (including Linnet Reef, North Direction Island and Rocky
Islet) before being reported on reefs to the south [20]. High levels of gene flow amongst these
closely-positioned populations would have likely resulted in admixture and high levels of genetic
homogeneity, as recorded in this study. However, given the lack of genetic structure between regions,
we are unable to unequivocally state whether the current outbreak did or did not originate in the
northernmost sector of the initiation box, nor can we establish the directionality in the spread of
individuals between regions. It is also likely that the latent population of CoTS is sufficiently large and
sufficiently diverse to prevent genetic drift from occurring within regions and therefore maintaining
the genetic homogeneity in the latent population. We cannot, therefore, dismiss the possibility that
outbreaks arise almost simultaneously and/or independently across the entire area of the initiation
box, as suggested by Fabricius et al. [13].

While our genetic analyses did not resolve competing hypotheses about the initiation and spread
of CoTS outbreaks on the GBR, these data could be used in conjunction with demographic information
and/or fine-scale monitoring data to better resolve the patterns of initiation and spread. Extensive and
intensive monitoring of CoTS populations was undertaken across the northern GBR throughout the
period of this study, recording the extent and severity of outbreaks at every reef between Lizard
Island and Cairns (P. Doherty, unpublished data), as well as documenting the size-structure of CoTS
populations at select reefs throughout this range [67]. However, these surveys were undertaken
(in 2014 to 2015) only after outbreaks had become well established throughout the entire area, such
that sequential (cf. simultaneous) occurrence of outbreaks will only be apparent based on spatial
variation in the size and abundance of CoTS. In the future, systematic and intensive monitoring
should be undertaken across a range of reefs within the initiation box to unequivocally establish the
sequence and inter-dependence of outbreaks within this area [2]. It is also possible (but not certain)
that next generation sequencing might reveal greater genetic structure among existing samples and
thereby provide meaningful differences among sub-populations to explicitly test for directionality in
spread. The recent compilation and publication of an entire mitochondrial genome for Acanthaster cf.
solaris collected from Japan [68] certainly paves the way for much more detailed studies of population
genetics for CoTS. Ongoing genetic sampling and re-analyses of existing genetic samples from the
GBR are underway.

An unexpected outcome of this study was that outbreak populations of CoTS in the southern GBR
(Swains reefs) were not significantly differentiated and have a similar origin to outbreak populations
sampled in the northern and central GBR during 2014/2015. For the most part, CoTS outbreaks in
the Swains have been thought to occur independently of outbreaks in the northern GBR and have an
altogether different origin (e.g., [19]), though the appearance of high CoTS densities at Swains reefs
in 2014 is consistent with continual and progressive southerly spread of the outbreak that started
at and near Lizard Island in 1993/1994 [69]. Model-based Bayesian analyses resulted in a higher
posterior probability of selected scenarios that considered a common origin for outbreaks in both
the Swains reefs and northern GBR, as opposed to two independent primary outbreaks (sensu [19]).
Both scenarios that represent a single common primary outbreak indicate a strong goodness-of-fit to
our genetic data, though we could not distinguish whether secondary outbreaks originated from a
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single time point or sequentially. It is possible that the limited time (in generations) elapsed between
primary and secondary outbreaks, and even between successive waves of outbreaks, would result in
minimal observable genetic differences.

5. Conclusions

Resolving the specific location where reef-wide outbreaks of CoTS actually originate on the GBR
remains a high priority, both to understand potential causes or triggers of outbreaks and to develop
more effective and highly targeted management responses [2]. However, our capacity to establish
the origin of the current outbreak was significantly constrained by the limited genetic structure
apparent based on 17 microsatellite loci. Very high homogeneity observed within the current outbreak
population, with limited evidence of inbreeding, suggests that rapid expansion in population size
most likely arose from multiple and undifferentiated latent populations. Indeed, our data suggest that
CoTS outbreaks may have occurred almost simultaneously and independently across the entire area
of the ‘initiation box’, from Cairns to Lizard Island. The priority, therefore, is to undertake intensive
sampling on reefs throughout the ‘initiation box’ in the lead up to the next outbreak of CoTS on the
GBR. However, ongoing sampling should be combined with testing of alternative molecular markers
(e.g., SNPs) and the application of new techniques to sample larvae [70] and newly settled starfish [71]
to further resolve the origin of reef wide outbreaks.

Supplementary Materials: The following are available online at www.mdpi.com/1424-2818/9/1/16/s1,
Figure S1: Mean likelihood probability of describing the population structure of CoTS in the Great Barrier
Reef into K clusters with standard deviation around the mean. Three runs were performed for each value of K
and compiled in Structure Harvester (Earl et al. [1]); Figure S2: Change in the mean likelihood probability of K
clusters describing the population structure of CoTS in the Great Barrier Reef. Three runs were performed for each
value of K and compiled in Structure Harvester (Earl et al. [1]; Figure S3. Parameter posterior density estimates
from Scenario 4. Nanc: the effective population size of an ancestral population. NP and NS correspond to Nprim
and Samp in table 5, the the effective population size of the primary and secondary outbreaks, respectively.
t1: the divergence time of outbreaks. db: the foundation time of primary outbreaks. All time priors are represented
in number of generations. μmic: the mean mutation rate. pmic the mean distribution of the number of repeats of
microsatellite markers. snimic: mean rate of single nucleotide insertions and deletions. Figure S4. Comparing the
posterior probabilities of modelled scenarios using direct estimates—the number of times a given scenario is
chosen to best represents the observed data.
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Abstract: Despite the presence of numerous sharp poisonous spines, adult crown-of-thorns
starfish (CoTS) are vulnerable to predation, though the importance and rates of predation are
generally unknown. This study explores variation in the incidence and severity of injuries for
Acanthaster cf. solaris from Australia’s Great Barrier Reef. The major cause of such injuries is
presumed to be sub-lethal predation such that the incidence of injuries may provide a proxy for
overall predation and mortality rates. A total of 3846 Acanthaster cf. solaris were sampled across
19 reefs, of which 1955 (50.83%) were injured. Both the incidence and severity of injuries decreased
with increasing body size. For small CoTS (<125 mm total diameter) >60% of individuals had
injuries, and a mean 20.7% of arms (±2.9 SE) were affected. By comparison, <30% of large (>450 mm
total diameter) CoTS had injuries, and, among those, only 8.3% of arms (±1.7 SE) were injured.
The incidence of injuries varied greatly among reefs but was unaffected by the regulations of
local fisheries.

Keywords: predator removal hypothesis; sub-lethal predation; arm damage; body size

1. Introduction

Predation has long been considered a key process in population regulation [1], contributing to
long-term stability in the abundance of prey species. By inference, organisms that exhibit rapid
and pronounced increases in abundance (often termed outbreaks; [2]) are considered to be released
(or otherwise free) from predatory regulation (e.g., [3,4]). Predation may nonetheless be an important
and often major cause of mortality but simply has no discernable influence on prey abundance [5].
Population outbreaks of prey species may occur when predators fail to react to increases in prey
densities [6]. However, population outbreaks may also arise completely independently of predation,
due to intrinsic and extrinsic processes. Most notably, outbreaks may result from steep changes in rates
of population replenishment, especially where organisms have exceptional reproductive potential
but generally low fertilisation rates and reproductive success [7]. Moreover, the abundance and
reproductive success of outbreaking species is often influenced by marked changes in environmental
conditions and resources (e.g., food availability) [8].

Crown-of-thorns starfish (CoTS; Acanthaster spp.) have gained considerable notoriety due to their
propensity for population outbreaks, as well as their corresponding impacts on local assemblages
of prey corals [9]. Very few marine organisms show changes in abundance of the magnitude or
rate shown by crown-of-thorns starfish. In the extreme, 10-fold increases in localised (within reef)
densities of CoTS have been documented within one year (e.g., [10]). In Moorea (French Polynesia),
CoTS densities ranged from 11,500 individuals per km2 to up to 151,650 individuals per km2 around
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the circumference of the reef and were both spatially and temporally variable [10]. During the course
of this outbreak, coral cover declined by up to 93% in approximate accordance with the cumulative
number of CoTS recorded at each location [10].

One of the foremost hypotheses put forward to account for outbreaks of Acanthaster spp. is the
predator removal hypothesis, initially proposed by Endean [11]. Endean [11] noted that shell collectors
had removed ~10,000 giant tritons (Charonia tritonis), leading to significant declines in their abundance
in the lead up to the first major outbreak of Acanthaster sp. recorded on Australia’s Great Barrier
Reef. At that time, C. tritonis was also regarded as one of the only effective predators of CoTS [11].
There are now a large number of coral reef organisms known to prey upon CoTS during different
stages of their life cycle [12], including fish and other invertebrates. These may be important in
regulating the abundance of CoTS, if not in actually preventing outbreaks. Coral reef fishes that
prey on CoTS are receiving particular attention [13–15], given that localised levels of fishing seem
to correspond with inter-reef variation in the severity [15] or incidence [14] of CoTS outbreaks.
The most intuitive explanation for these patterns is that the overexploitation of particular fishes
relaxes the top-down control necessary to regulate populations of Acanthaster spp. [11], thereby leading
to population outbreaks. However, these studies have not identified the specific target species that
predate on CoTS nor have they explicitly compared densities of CoTS predators or quantified rates of
predation of CoTS along gradients of fishing pressure. Trophic cascades induced by fisheries, resulting
in fewer invertebrates preying on juvenile starfish, may be another mechanism releasing predation
pressure on CoTS [14].

One of the main limitations to testing the predator removal hypothesis is the inherent difficulty
in quantifying predation rates on Acanthaster spp. in the field. This is particularly difficult
for small and juvenile Acanthaster spp. due to their cryptic nature [16]. One possible proxy for
measuring variation (spatial, temporal, taxonomic, and ontogenetic) in the susceptibility to predation
among Acanthaster spp. is the incidence of recent injuries. These are most apparent as missing or
regenerating arms (Figure 1), which are often attributed to sub-lethal or partial predation [16,17].
Although sub-lethal predation is also generally considered a good proxy for mortality due to predation,
or overall predation pressure [16,17], this has not been explicitly tested, and predators causing injuries
may not cause outright mortality of CoTS. Relatively few predators are known to consume adult CoTS
in their entirety (but see [18]), while CoTS survive and can escape from predators (e.g., fishes) that
only remove a portion of the body mass [19]. In previous studies, up to 67% of CoTS in some locations
exhibit recent or sustained injuries [16], and high incidences of injuries appear to be generally reflective
of a higher intensity of predation [16,17]. In the Philippines, for example, Rivera-Posada et al. [16]
showed that the incidence of injuries was higher inside rather than outside of marine protected
areas (MPAs) where fishing is prohibited, which would be consistent with a higher abundance of
potential predators. The incidence of injuries also tends to decrease with the increasing body size of
Acanthaster sp. [20] as well as for several other species of starfishes [21,22], which probably reflects
their increased susceptibility to predation when small [22]. Even if the predators that cause a high
incidence of injuries among Acanthaster spp. do not kill these starfish outright, they may nonetheless
have important effects on the behaviour and fitness of starfish, thereby contributing to population
regulation [23].

The purpose of this study was to test for variation in the incidence and severity of injuries
among crown-of-thorns starfish (Acanthaster cf. solaris) from Australia’s Great Barrier Reef (GBR).
More specifically, we wanted to test whether the incidence of injuries is higher inside versus outside
MPAs, where fishing is prohibited, as would be expected if fisheries’ target species impose significant
predatory regulation on CoTS on the GBR and the abundance of these key predators vary significantly
in accordance with spatial management zones [14]. We also tested for size-based variation in the
incidence of injuries among CoTS, ranging in size from 60 mm total diameter (TD) to 510 mm TD.
These injuries are presumably caused mostly by sub-lethal predation [17] (but see [22]).
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Figure 1. Small and regenerating arm of Acanthaster cf. solaris (as indicated by arrow), which is
indicative of past injury, presumably caused by sub-lethal predation (see also [16]).

2. Materials and Methods

A total of 3846 crown-of-thorns starfish (Acanthaster cf. solaris) were collected between
October 2012 and May 2015 along the Great Barrier Reef (GBR). Sampling was conducted at 19 reefs,
spanning 1150 km of the GBR (Figure 2). All reefs, except Centipede Reef, Davies Reef, Michaelmas Cay,
and Sweetlip Reef, were considered to have an active CoTS outbreak at the time of sampling.
All starfish were collected while snorkelling or SCUBA diving using large purpose-built tongs
to carefully extract starfish from among the reef matrix. Starfish were kept alive in 500 L tanks
connected to high flow-through sea-water systems on live-aboard boats or at the research station on
Lizard Island for a maximum of 20 h before they were processed and disposed. During processing,
the starfish were removed from the water and placed on a flat surface for 30–90 s before measuring
the total diameter across opposite arms that were ostensibly undamaged. The severity of injury was
then assessed by counting the number of missing or damaged arms, which was then expressed as a
percentage of the total number of arms (also referred to as “severity”). Missing arms were apparent
where the ambulacral groove terminated at the edge of the oral disk. All arms that were less than 75%
the length of the adjacent arms were considered to have been damaged. Recent injuries, apparent due
to fresh tears in the surface integument, were ignored, as they likely occurred during collection.
We also determined the sex of each individual starfish (where possible) based on visual inspection
of the gonads that were exposed following the removal of a few arms using a paint scraper [9].
Starfish that were either immature or spent (virtually no gonad tissue left after spawning) could not be
sexed, resulting in 1078 and 1475 individuals identified as females and males respectively.

Data Analyses

The probability of an individual CoTS being injured (injury incidence) was analysed using binary
logistic mixed models (logit link), with “zone” (no fishing, restricted fishing, open to fishing) and
“size” (total diameter: mm) as possible influential factors. The influence of zone and size on the
severity of injuries received during predation events was also investigated using a subset of the data
(n = 1797), which only included individuals that had experienced arm damage (injury = 1) and was
modeled as the proportion of injured arms (in relation to the total no. arms) using binomial mixed

200



Diversity 2017, 9, 12

models (logit link). The potential influence of adult gender (male or female) on CoTS injuries was
also investigated using the subset of starfish for which sex could be established (n = 2553 for influence
on injury incidence and n = 1263 for influence on injury severity) using generalized mixed models
(logit link: binary logistic and binomial, respectively).

Figure 2. Map indicating sampled reefs along the Great Barrier Reef (GBR). The red box on the map
of Australia shows the extent of the main map, whilst the reefs sampled in the Swains Region on the
south-eastern end of the GBR are magnified in the bottom right rectangle. The colour of sampled reefs
designates fishing regulations: green = no fishing (marine reserve), yellow = restricted fishing allowed,
blue = open to fishing. The bar graph shows injury incidence per reef (top paired bar with solid fill
and black values) and mean ± SE injury severity per reef (lower paired bar with semi-transparent fill
and red values). Numbers in the white boxes within the bars represent the total number of individuals
collected per reef. Injury severity values were calculated based on injured individuals only.
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For all models, “reef” was included as a random effect (19 levels), while “observer” was included
as a potential fixed effect (3 levels) to account for possible artifacts of the sampling design and different
data collectors. Full models, with all the potential relevant interactions, were fit first, and then model
selection procedures were applied, comparing models using likelihood ratio tests [24,25]. The model
assumptions were checked graphically, investigating residuals and random effects before interpretation
of the final model. The confidence intervals around the coefficient estimates of the final models were
generated by parametric bootstrapping. All statistical analyses were conducted using the R statistical
software program (R Core Team 2016) and the lme4 package [26].

3. Results

3.1. Incidence of Injuries

In all, 1955 out of 3846 (50.83%) CoTS collected from the GBR exhibited evidence of recent or
sustained injuries, based on the number of arms that were missing or evidently shorter and thinner and
generally covered in shorter and finer spines (Figure 1). The incidence of injury varied considerably
between reefs, ranging from 20% (1 starfish injured out of 5) at Michelmas Cay near Cairns up to 83%
(74 starfish injured out of 89) at Elford Reef, also located very close to Cairns (Figure 2). The mean
severity of injuries (calculated based on the percentage of arms affected) also varied among reefs,
ranging from 6.7% at Centipede Reef, where only one starfish that was injured was collected, up to
21.8% (±2.0% SE) at Bramble Reef. Interestingly, there was a positive linear correlation (R2 = 0.783,
p < 0.001) between the incidence and the severity of injuries at the scale of individual reefs (Figure 3).
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Figure 3. Linear regression (R2 = 0.783; slope = 0.2023 (F(1,17) = 61.29, p < 0.001); intercept is not
significantly different from 0) between incidence (proportion of starfish with any evidence of injury)
and severity (mean proportion of arms affected among injured starfish) at the scale of reefs.

Despite marked inter-reef differences in the incidence and severity of injuries, there was no
obvious effect of the regulations of local fisheries (Tables 1 and 2). When averaged across all reefs in
each of the three distinct management zones, the mean incidence of injury was non-significantly higher
for yellow zones (53.78% ± 12.66% SE), followed by blue zones (50.15% ± 5.92% SE) and lowest in
green zones (46.05% ± 7.10% SE). However, these differences are negligible compared to the variation
observed among ‘reefs’ within each group, as evident based on large standard errors (Figure 4a).
There was also no influence of fishing regulation (zone) in any of the models. Likelihood ratio tests
with and without zone as a fixed effect can be seen in Table 1. The frequency distributions of the
number of arms missing were also very similar across the three management zones, with a single
missing arm affecting the majority of injured individuals (65%–70%) (Figure 4b–d).
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Figure 4. (a) Incidence of injury (percentage of individuals with damaged arms) averaged across the
reefs in each of three different management zones (the colour of the circle designates fishing regulations:
see (b–d)); and (b) frequency distributions of short or missing arms for each zone ((b) blue = open to
fishing; (c) yellow = restricted fishing; (d) green = no fishing).
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Table 1. Overview of the model selection process, starting with the full model including all relevant
interactions, compared with Akaike Information Criterion (AIC) and Likelihood-ratio tests.

Data Candidate Model Effects AIC Likelihood Test *

Incidence (n = 3846)
Zone * Size + Observer + (1|Reef) 4937.8

Chi = 1.0, df = 2, p = 0.617Zone * Size + Observer + (Size|Reef) 4935.4
Zone + Size + Observer + (Size|Reef) 4933.2

Size + Observer + (Size|Reef) 4930.1

Severity ** (n = 1797)
Zone * Size + Observer 5847.6

Chi = 3.1, df = 4, p = 0.541Zone + Size + Observer 5846.0
Size 5841.1

Gender (Incidence) ** (n = 2553)
Zone + Size * Sex + Observer 3287.6

Chi = 3.2, df = 2, p = 0.204Zone + Size + Sex + Observer 3285.8
Size + Sex 3285.0

Gender (Severity) ** (n = 1263)
Zone + Size * Sex + Observer 4210.1

Chi = 1.2, df = 4, p = 0.814Zone + Size + Sex + Observer 4204.1
Size + Sex 4177.2

* Influence of factors checked with Likelihood-ratio tests with and without the variable as a fixed effect;
** All models had “reef” as a random effect (1|Reef), and the inclusion of a random slope (e.g., Size|Reef) did not
improve model fit.

Table 2. Model coefficients for the best fitting models describing the relationship between injury
incidence and severity with size, whilst accounting for the variability between the reefs in all models
and observer bias for models of incidence (Figures 5 and 6).

Data Variable Estimate ± SE z-Value p-Value

Incidence

(Intercept) 1.0708 ± 0.3239 3.3055 0.0009
Size −0.0043 ± 0.0009 −4.8358 0.0000

Observer2 1.1351 ± 0.3793 2.9929 0.0028
Observer3 −0.0872 ± 0.3248 −0.2685 0.7883

Severity (Intercept) −1.3512 ± 0.0925 −14.6038 0.0000
Size −0.0020 ± 0.0003 −7.0685 0.0000

Gender (incidence)

(Intercept) 1.0882 ± 0.3639 2.9907 0.0028
Size −0.0042 ± 0.0008 −5.4448 0.0000
Male −0.0343 ± 0.0874 −0.3922 0.6949

Observer2 0.9585 ± 0.3945 2.4300 0.0151
Observer3 0.0255 ± 0.3693 0.0690 0.9450

Gender (severity)
(Intercept) −1.1265 ± 0.1258 −8.9549 0.0000

Size −0.0025 ± 0.0004 −6.5331 0.0000
Male −0.0623 ± 0.0394 −1.5818 0.1137

3.2. Size-Based Variation

The incidence of injuries showed a negative relationship with the increasing size of CoTS
(z = −4.836, p < 0.001) (Figure 5a). The probability of a small starfish (60 mm) exhibiting any
level of injury was 0.70 (95% CI = [0.57, 0.79] by parameter bootstrap [PB]), decreasing to 0.25
(95% PB CI = [0.15, 0.38]) in the largest individual (510 mm) when observed by the median observer.
Although injury incidence was affected by the observer (Tables 1 and 2), Observer identity did not
influence the shape of the relationship (Likelihood-ratio tests with and without the observer influencing
slope: Chi = 1.0, df = 5, p = 0.959) (Figure 5a). The severity of injuries showed a similar decline with
increasing size (z = −7.069, p < 0.001) (Figure 5b). Small starfish (60 mm) generally exhibited injuries to
19% of their arms [16%, 21% CI], decreasing to 9% [8%, 11% CI] in large starfish (~470 mm). Neither the
observer or the reef had any effect on the relationship between the severity of the injuries and the size
of the CoTS (Figure 5b).
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Figure 5. Relationship (with 95% confidence intervals (CI) generated by parametric bootstrap) between
(a) CoTS maximum diameter and the probability of the individual to have experienced arm damage
(injury incidence; binary data), as measured by the median observer on an average reef; (b) CoTS
maximum diameter and the severity of an individual's injury on an average Reef (note y-axis has
been truncated to aid visualization of the relationship). Black horizontal lines represent the mean
probability of individuals in 25mm size classes (<125, 125–150, 150-175, . . . , >450 mm) superimposed
over the relationship.

3.3. Gender-Based Differences in Incidence and Severity of Injuries

Gender did not influence the incidence or severity of starfish arm damage statistically
(Tables 1 and 2). Female and Male starfish incidence of arm damage was 0.64 [0.49, 0.77] and
0.63 [0.49, 0.76], respectively, when small (~125 mm), decreasing to 0.26 [0.16, 0.40] and 0.26 [0.15, 0.40]
when large (~510 mm), respectively (Figure 6a). However, the severity of arm damage was
slightly reduced in males in comparison to females; 0.18 [0.16, 0.21] when small (~125 mm) and
0.09 [0.07, 0.10 CI] when large (~470 mm) vs. 0.19 [0.17, 0.22 CI] when small and 0.09 [0.08, 0.11] when
large, respectively (Figure 6b).

Figure 6. Relationships (with 95% confidence intervals (CI) generated by parametric bootstrap) between
female (blue) and male (orange) CoTS maximum diameter and injury (a) incidence (arm damage as
measured by the median observer on an average reef; binary data) and (b) severity on an average
reef. Horizontal lines represent the mean probability of female (blue) and male (orange) individuals
in 25 mm size classes (<125, 125–150, 150-175, . . . , >450 mm) superimposed over the relationship.
Note that the y-axis has been truncated to aid visualization of the relationship for severity.
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4. Discussion

Outbreaks of Acanthaster spp. are a major contributor to coral loss and reef degradation
throughout the Indo-Pacific region (e.g., [10,27]), and a major concern for coral reef management.
Understanding the possible role of predation in regulating populations of Acanthaster spp. is
fundamental in establishing whether increased regulation of fisheries will mitigate or prevent ongoing
outbreaks [12]. Although the overall incidence of injury was high (50%) amongst the CoTS sampled
along much of the length of the GBR, there was no difference in the incidence or severity of injuries
for CoTS from reefs where fishing is prohibited (green zones) versus reefs where fishing activities are
permitted (yellow and blue zones). However, there was strong variation in the incidence of injuries
among reefs, ranging from 20% to 83%. There was also a strong negative correlation between body
size (CoTS diameter) and arm damage, with individuals ≤125 mm in diameter being twice as likely
to be injured than individuals ≥400 mm. The severity of injuries (the proportion of the number of
injured arms over the total number of arms) showed a very similar reduction with increasing body size.
There was only a very weak gender trend, with females being slightly more likely to suffer increased
arm damage (severity) than males.

Whether predators are able to regulate CoTS abundances remains the topic of ongoing debate.
Across the GBR, the occurrence of CoTS outbreaks is lower on reefs where fishing is prohibited,
compared to reefs where fishing is permitted [14,28], which suggests that the higher abundance of
large target species results in greater predation of CoTS. In the current study, fishing restrictions had
no effect on the incidence of injuries, which are presumably caused mostly by sub-lethal predation [17]
(but see [22]). However, even if injuries are caused mainly by predation, overall mortality and
predation rates may still vary with the management of fisheries. The sub-lethal predation rate is
generally considered to be a proxy for overall predation pressure [16,17], but this has not been explicitly
tested. It may be that the fishes that cause injuries (loss of individual arms) are altogether different
from those that kill CoTS outright, such that direct tests of the predator-removal hypothesis still
require measurements of actual mortality rates alongside explicit consideration of the abundance and
composition of potential predators, irrespective of zoning. Except for some lethrinid species, most other
known CoTS predators (e.g., the stellar pufferfish Arothron stellatus) [12] are not generally targeted by
recreational and commercial finfish fisheries on the GBR, which mainly target large piscivorous fishes
such as coral trout [29].

Irrespective of whether injuries are a valid proxy for overall predation and predation rates,
higher incidences and severity of sub-lethal predation will have a significant impact on the individual
fitness and population dynamics of CoTS [23,30,31]. CoTS, like many other echinoderms, have the
capacity to regenerate parts of their central disc and missing arms [19,22]. However, regeneration
comes at an energetic cost and affects the fitness of individuals [31,32]. Injuries and regeneration can
reduce feeding and growth, delay maturation, or compromise the reproductive output. Given that
each arm contains gonads in CoTS, fewer arms directly affect the reproductive capacity of a female.
In the sea star Heliaster helianthus, the energetic content in their pyloric caeca and gonads showed a 5 to
7 fold decrease following autotomy [31]. Similarly, regenerating tails in lizards were found to affect
clutch and egg size [33], and maternal effects were observed in CoTS, with reduced egg size resulting
in lower survivorship in developing larvae [34]. As a result, even relatively minor injuries may have
considerable negative impacts on the reproductive success of individual females.

The overall incidence of injury recorded in this study (50%) is at the higher end of rates reported
previously from the GBR (33% [35]; 40% [17]; 50% [36]). However, our study clearly showed that the
incidence of injury varies among reefs on the GBR (20%–83%), and the range of variation recorded
in this study is consistent with differences in the estimates of the incidence of injuries from previous
studies, all of which considered only a single or few sites. The highest incidences of injury recorded
(81.3%) on some reefs exceeded the highest reported incidence of damaged arms (67%) recorded in
the Philippines [16]. Although the observer had an effect on the incidence of arm damage, substantial
variation between reefs was still clearly observed irrespective of who counted the number of short or
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missing arms. The high rates on some reefs may represent a regional effect (this could not be tested
due to the covariation with the observer in some cases). The Cairns sector (Reefs 8–12, Figure 2) had
above average rates (59%–83%), whereas the Cooktown sector (Reefs 5–7, Figure 2) had below average
incidences of arm damage (32%–39%). The high injury rates (50%–72%) on reefs with outbreaks in
the Townsville sector (Reefs 13–17, Figure 2) are likely to reflect the on average smaller individuals
collected on these reefs. The variation in injury rates between reefs may also be due to differences in
the local abundance of predators. Future studies should therefore explicitly test if there is a relationship
between the incidence of arm damage and the abundance of predators.

Vulnerability to predation is known to vary with ontogeny in many organisms [37,38].
Younger and smaller individuals are often subject to higher predation rates than older and larger
conspecifics [39–41]. Large CoTS exhibit an impressive defense against predators through the presence
of large, very sharp, and poisonous spines, which may limit the number of species able to predate
on large adult CoTS. It is therefore not surprising to see a 50% reduction in the incidence and
severity (measured as the number of injured arms over the total number of arms) of arm damage
with increasing body size (the relationship was not affected by the observers). Size has previously
been identified as an important factor in predation rates in other echinoderms and CoTS, but
patterns are not always consistent. Sub-lethal injuries generally decline with increasing body size in
echinoderms [21], asteroids [22], sea urchins [42,43], and CoTS [16,17]. McCallum et al. [17] found a
similar but weak linear relationship in CoTS, whereas a hump-shaped relationship was observed in
the Philippines, which covered a similar size range as the present study [16]. Although the discrepancy
between the studies could be due to sample size (both studies had relatively low sample sizes of
individuals ≤10 cm), the discrepancy may also be due to differences in local predation pressure.
A reduction in arm damage in individuals ≤10 cm is possible and could be explained by behavioural
changes or changes in the ratio between lethal and sub-lethal predation rates [16]. Increased sampling
in these smaller size classes, including very small juvenile CoTS [44], should clarify the effect of size
on sub-lethal predation rates in these early life stages. Nevertheless, the high incidence of predation
rates in smaller CoTS (≤20 cm) across both studies suggests that substantial predation levels are likely
to occur at night due to the nocturnal feeding habits and cryptic nature of small CoTS during the day.

There were indications that gender may have a weak effect on predation severity. Although not
statistically significant, female CoTS exhibited slightly higher levels of injuries compared to males,
which may be explained by the relatively higher energy content in oocytes compared to spermaries.
Similarly, egg-bearers in other marine organisms were found to be more susceptible to predation,
with the higher nutritional value of oocytes proposed as a mechanism [38,45]. Interestingly, there was
no difference in the injury incidence between males and females, suggesting that predators do not
discriminate between males and females but may feed more intensively on females.

5. Conclusions

Predation has the potential to play a significant role in regulating populations of CoTS,
though the effect is most likely to dampen fluctuations in the local abundance of CoTS rather than
to prevent outbreaks per se. Ormond et al. [13] suggested that predation levels by fish on CoTS
could maintain CoTS in sufficiently low densities to avoid outbreaks. Our study showed that at least
sub-lethal predation on CoTS is common, with 50% of the 3846 individuals studied showing evidence
of predation events, and that size plays a major role in the frequency and severity of predation events.
Although the predator removal hypothesis remains controversial, with studies showing variable
results, predation of CoTS is a common event that warrants further investigation. It is critical to
determine predation rates in small juveniles, identify all possible predators, and assess the effects of
sub-lethal predation on growth, fitness, and reproductive output to better inform population models.
There is no stopping the current outbreak on the GBR, but any attempts to prevent future outbreaks in
light of the increasing threats to coral reefs is possibly our easiest chance to improve the outlook for
coral reefs.
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Abstract: Predatory release has long been considered a potential contributor to population outbreaks
of crown-of-thorns starfish (CoTS; Acanthaster spp.). This has initiated extensive searches for
potentially important predators that can consume large numbers of CoTS at high rates, which are
also vulnerable to over-fishing or reef degradation. Herein, we review reported predators of CoTS
and assess the potential for these organisms to exert significant mortality, and thereby prevent
and/or moderate CoTS outbreaks. In all, 80 species of coral reef organisms (including fishes,
and motile and sessile invertebrates) are reported to predate on CoTS gametes (three species),
larvae (17 species), juveniles (15 species), adults (18 species) and/or opportunistically feed on
injured (10 species) or moribund (42 species) individuals within reef habitats. It is clear however,
that predation on early life-history stages has been understudied, and there are likely to be many
more species of reef fishes and/or sessile invertebrates that readily consume CoTS gametes and/or
larvae. Given the number and diversity of coral reef species that consume Acanthaster spp., most of
which (e.g., Arothron pufferfishes) are not explicitly targeted by reef-based fisheries, links between
overfishing and CoTS outbreaks remain equivocal. There is also no single species that appears to have
a disproportionate role in regulating CoTS populations. Rather, the collective consumption of CoTS by
multiple different species and at different life-history stages is likely to suppress the local abundance of
CoTS, and thereby mediate the severity of outbreaks. It is possible therefore, that general degradation
of reef ecosystems and corresponding declines in biodiversity and productivity, may contribute to
increasing incidence or severity of outbreaks of Acanthaster spp. However, it seems unlikely that
predatory release in and of itself could account for initial onset of CoTS outbreaks. In conclusion,
reducing anthropogenic stressors that reduce the abundance and/or diversity of potential predatory
species represents a “no regrets” management strategy, but will need to be used in conjunction with
other management strategies to prevent, or reduce the occurrence, of CoTS outbreaks.

Keywords: Acanthaster (Acanthasteridae); fisheries closures; marine parks; predation;
predator removal hypothesis; chemical defences; saponins; population regulation; top-down control;
trophic cascades

1. Introduction

Adult crown-of-thorns starfish (CoTS; Acanthaster sp.) have numerous long, very sharp and
toxic spines (Figure 1). In addition, the dermal tissues of CoTS (and all of their organs) contain
high concentrations of chemicals, including saponins [1,2] and plancitoxins [3], which are both
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unpalatable [4] and highly toxic [5–7]. Intuitively therefore, one might expect that these starfish are
effectively protected and largely immune from predation (e.g., [8]). In reality, there are few organisms
that are completely immune to predation at any or all stages of their life cycle. Rather, well-developed
anti-predatory defences reduce the range of predators to which prey species are vulnerable [9], but may
or may not affect overall rates of predation and the extent to which prey populations are controlled by
predators. Accordingly, there is an increasing number of coral reef organisms (fishes and invertebrates)
reported to predate on CoTS [10,11], including some predators (e.g., Arothron pufferfishes) that
feed almost exclusively on adult CoTS when they are in abundant supply (e.g., during outbreaks).
Such predators may be important in supressing the abundance of prey species [12] as well as
influencing the behaviour, habitat-associations, and population dynamics of even well-armoured
and/or chemically defended prey species (e.g., [13]).

Despite their physical and chemical defences, post-settlement stages (juvenile and adults) of
CoTS often exhibit injuries, largely manifested as missing arms [11,14,15]. These injuries are believed
to occur when predators are only able to remove one or a few arms before the starfish escapes or
avoids further damage by hiding within the reef matrix [15]. If however, there are high rates of partial
predation at specific reef locations [11] then it is expected at least some CoTS will also be killed
outright and/or consumed in entirety. The cryptic nature and nocturnal behaviour of CoTS, especially
when small (<12 cm diameter) or at low densities [11,16] further suggests that they must be highly
vulnerable to predators. In controlled experiments, survivorship of laboratory reared Acanthaster spp.
settled to natural substrates is effectively zero, owing to very high rates of predation by naturally
occurring predators [17–19]. Recent research also demonstrates that CoTS larvae are highly vulnerable
to predation [20], despite having the highest concentrations of anti-predator chemicals (discussed later).
Cowan et al. [20] showed that CoTS larvae are readily consumed by many common planktivorous
damselfishes, and often in preference to other asteroid larvae.

While there is now general acceptance that CoTS are vulnerable to predation (e.g., [11,21]),
on-going controversies relate to whether known predators would ever be capable of regulating CoTS
populations, and mitigating, if not preventing outbreaks. More specifically, attention is focussed on
whether anthropogenic impacts (via fishing or habitat degradation) have supressed the abundance
of key predators, thereby accounting for the seemingly recent and/or increasing occurrence of CoTS
outbreaks [10].

Figure 1. Adult crown-of-thorns starfish are defended against predators by numerous long, very sharp
and toxic spines. Photographic credit: Scott Ling, Dick’s Reef, Swains Region, southern Great Barrier
Reef (22◦18′ S, 152◦39′ E).
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1.1. The Predator Removal Hypothesis

The predator removal hypothesis was one of the first hypotheses proposed to account for CoTS
outbreaks [22]. Following trophic-cascade concepts as a result of ecological extinction of functional
echinoderm predators such as sea otters (e.g., [23–25]), lobsters [26] and large benthic predatory
fishes [27], this hypothesis (like many other hypotheses put forward in the 1960s and 1970s, such as
the nutrient enrichment hypothesis, e.g., [28–30]) is predicated on the idea that CoTS outbreaks are
an unnatural phenomenon, caused by anthropogenic modification and degradation of coral reef
environments [31]. The initial formulation of the predator removal hypothesis related to apparent
overfishing of the giant triton (Charonia tritonis) on the GBR in the decades immediately preceding
the first documented outbreak of CoTS in 1962 [22]. Notably, ~10,000 giant tritons were removed
from the GBR each year from 1947 to 1960 by trochus fishermen and commercial shell collectors [22].
Densities of triton must have been significant to sustain this level of removal, or at the very least,
much higher than they are now. While there is no empirical data on their abundance, C. tritonis are
exceedingly rare on the GBR, and have been since the 1960s, perhaps reflecting the legacy of excessive
removals in the 1950s [32].

Endean [22] argued that the effective loss of giant triton from reefs in the northern GBR relaxed
normally strong regulatory pressure on abundance of juvenile and sub-adult CoTS, leading to
increased abundance of large adult starfish that were capable of initiating outbreaks by virtue of
their massive combined reproductive output. Adding weight to this hypothesis, outbreaks of CoTS
were reported from other locations (e.g., Fiji and Western Samoa) where C. tritonis had also been
extensively harvested, whilst outbreaks had not been reported in areas (e.g., Malaysia, Philippines
and Taiwan) where C. tritonis were abundant [22]. The ability of C. tritonis to provide the sufficient
top-down control necessary to regulate CoTS populations has since been questioned (e.g., [33]) largely
based on their generally low rates of feeding and the apparent reluctance to eat CoTS when provided
with alternative prey.

Though the role of giant triton in regulating abundances of CoTS (past, present, or future)
is still not resolved, the predator removal hypothesis has evolved through time to place increasing
emphasis on fish predators. Attention has focused on large predatory fishes capable of consuming
adult starfish (e.g., [33–35]), which are targeted by fisheries and/or have declined in abundance due to
localized fishing activities. Explicit and direct evidence that any of the major fisheries target species
(e.g., coral trout, Plectropomus sp.) are significant predators of crown-of-thorns starfish is meagre [34].
However, some studies [33,36,37] have reported increased incidence and/or severity of outbreaks
of CoTS along gradients of increasing fishing effort. On the GBR, Sweatman [37] showed that reefs
open to fishing were seven times more likely to experience an outbreak of crown-of-thorns starfish
(57% of reefs affected) compared to reefs effectively closed to fishing within no-take marine reserves
(8% of reefs affected). While the mechanistic basis of these patterns has not been critically tested,
increasing evidence of links between fishing and starfish outbreaks [36,37] has fuelled significant
interest in predation, both to understand the cause(s) and ultimately manage CoTS outbreaks.

1.2. Objectives of This Review

The purpose of this review is to synthesise existing knowledge of potentially important CoTS
predators, considering their individual and collective capacity to influence population dynamics of
CoTS. There is an ever-increasing list of putative predators (e.g., [11,38,39], Table 1), largely based
on anecdotal observations of different coral reef organisms (mainly fishes) feeding on dead or dying
CoTS within reef environments. Our intention in this review is to differentiate between organisms
that opportunistically feed on dead or injured CoTS (scavengers), versus those predators that feed on
live and healthy starfish and either kill them outright or reduce their individual fitness and/or reduce
population level fitness by altering patterns in abundance and distribution. It is possible, for example,
that the mere presence of benthic predators could disperse adult CoTS that might otherwise
aggregate to spawn, and thereby reduce fertilization success. Moreover, this review will explicitly
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consider potential predators at different stages in the life cycle of CoTS, especially pre-settlement
(e.g., gametes, larvae) and early post-settlement life stages, which is quite possibly the most significant
bottleneck in their life-history [40–42]. Where possible, we report or derive estimates of the rates of
mortality due to predation across different life-history stages of CoTS.

Having established the range of putative CoTS predators, this review will consider empirical
and theoretical evidence that supports (or refutes) the potential role of predators in moderating
(if not preventing) CoTS outbreaks. If predation underlies observed differences in the incidence
or severity of outbreaks across gradients of fishing pressure [36,37], we would expect to find that
the specific predators would be significantly more abundant in areas with little or no fishing,
with corresponding increases in effective rates of predation on juvenile and/or adult CoTS within
these areas. Persistent controversy around the role of predation in regulating abundance of CoTS
(e.g., [11,36,37]) highlights many deficiencies in previous research approaches and points to the
definitive need for experimental studies that explicitly test the mechanistic underpinnings of the
predator removal hypothesis.

2. Known Predators of Crown-of-Thorns Starfish

A total of 80 species of coral reef organisms are reported to feed on CoTS, including 24 motile and
sessile invertebrates versus 56 species of coral reef fishes (Table 1). However, most species have been
observed feeding on moribund and dead individuals in the field, while observations of predation on
healthy, uninjured starfish are comparatively rare. Similarly, field observations of species feeding on the
gametes of CoTS are also extremely limited, and field observations of predation upon larvae are simply
not feasible. Gut content analysis has also been largely unsuccessful in identifying putative predatory
species (e.g., [43]). However, there have been significant advances in the field of environmental DNA
(eDNA) analysis in recent years [44] and it is likely that this technique could be utilised to both
identify previously unknown predators, and establish the frequency with which known predators
actually consume CoTS. One suggested method to do this would be to collect faeces of presumed CoTS
predators and test this for presence of CoTS DNA. However, there are limitations to this technique.
Most notably, it is not possible to distinguish between particular life stages of prey species, nor whether
specific prey species were alive or dead when consumed [44], which is important in understanding
the role of predators in structuring populations of CoTS. Such experiments should be supplemented
with benthic surveys to confirm presence of juvenile or adult starfish, and plankton tows to confirm
presence/absence of CoTS larvae (see [45]). This could provide an indication of the CoTS life stage from
which DNA found in predator faeces has originated, and would be particularly beneficial for predators
such as damselfish which may prey upon both pre- and post-settlement life stages (e.g., [20,28]).
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2.1. Pre-Settlement Predation

Most of the putative CoTS predators feed or scavenge on post-settlement life stages (juveniles and
adults) compared to pre-settlement stages (Figures 2 and 3). However, this probably reflects limited
research directed at identifying potential predators on CoTS eggs and larvae and/or difficulties
in documenting predation on these early life-history stages. Coral reefs typically support very
high abundance and diversity of planktivorous species, including many different reef fishes
(e.g., [20,28,47,63]) as well as sessile invertebrates, such as corals [8], which may consume CoTS
propagules during spawning, as well as feeding on CoTS larvae when they settle. CoTS are one of
the most fecund invertebrates [64], with very high fertilisation rates [65,66], but intuitively, most eggs
and larvae must fail to survive. As for other marine species with planktonic larvae, significant rates of
pre-settlement mortality are also likely to arise due to predation [67,68]. Yet, given their exceptional
reproductive potential [64], even small changes in the proportion of larvae that survive and settle will
lead to vast differences in the absolute number of juvenile and adult starfish.

Early studies suggested that CoTS eggs and larvae were largely immune from predation due to
unpalatable chemical defences (saponins) contained within [4]. However, more recent examination
of predation upon both eggs [69] and larvae [20] reveals that these are indeed readily consumed
by a range of highly abundant, planktivorous damselfishes. Given that this group of predators can
be extremely abundant on coral reefs, it is likely that they play an important role in reducing the
proportion of CoTS that survive through to settlement, and high densities of damselfishes should
be considered important for the buffering capacity of coral reefs. Given that all the planktivorous
damselfishes tested in the recent studies [20,69] consumed CoTS material, albeit to varying extents,
it is highly likely that there are more predators of the pre-settlement stages that are yet to be identified.
Furthermore, the actual suite of predators that prey upon the early life stages of CoTS is likely to span a
far greater taxonomic range, from benthic species such as those already identified (e.g., [8,19], Table 1)
to large pelagic fishes, such as manta rays and whale sharks.

Figure 2. Putative predators of crown-of-thorns starfish across each major life stage. Predators at each
life stage are not mutually exclusive. This figure is based on references from Table 1.
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Figure 3. Main predatory groups acting at different life stages of crown-of-thorns starfish. This figure
is based on references from Table 1.

2.2. Post-Settlement Predation

A key component of the vulnerability of larvae is their susceptibility to predation during
settlement. Larvae preferentially settle in habitats with fine-scale topographic complexity [49], which is
likely to be an adaptation to minimise early post-settlement mortality. However, a wide range of
potential predators are abundant within the reef matrix (e.g., [11,17,39,70]). Benthic predators and filter
feeders, including corals such as Pocillopora damicornis, may exact a heavy toll on the settling larvae
of coral reef asteroids, including Acanthaster spp. [8]. Keesing and Halford [47] estimate mortality
at settlement and during metamorphosis to be in excess of 85%. Furthermore, Cowan et al. [19]
observed that 55% of brachiolaria larvae that settled to rubble with naturally attached crustose coralline
had undergone metamorphosis after 48-h when substrates had been cleaned of potential predators,
compared to 0% when polychaete predators were present. If predation represents a significant
threat to settling larvae, this should have provided sufficient selective pressure for the evolution of
behavioural mechanisms to evade predators, as seen in juveniles and adults in low-density populations.
Cowan et al. [19] used static choice chambers to determine whether such mechanisms are present
to assist larvae in avoiding settlement on or near predators, revealing that larvae are able to both
detect, and respond to, the presence of predators within settlement substrates; larvae were attracted to
rubble with naturally attached crustose coralline algae that had been cleaned of predators, but were
deterred from these substrates when polychaete predators were present. Whether similar mechanisms
are present to enable juveniles to detect and actively avoid predators in the reef matrix remains to
be tested.

Following settlement, many marine organisms experience very high early post-settlement
mortality (e.g., asteroids [8]; bivalves [71]; fish [72]; corals [73]), to the extent that this is a recognised
demographic bottleneck for some taxa [73]. Although Sweatman’s [50] measurements of predation
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by fishes on laboratory-reared juvenile CoTS (25–79 mm diameter) revealed very low predation
rates (0.13% per day), predation on juvenile CoTS is due mainly to epifaunal invertebrate predators,
which are highly abundant on coral reefs (e.g., [17,70]). For example, survivorship of laboratory reared
CoTS that are settled to freshly collected rubble is effectively zero, owing to very high rates of predation
on newly settled larvae by naturally occurring predators (e.g., polychaetes) within the rubble [17].

In the eastern Pacific, Glynn [39] demonstrated that the harlequin shrimp Hymenocera picta and a
polychaete worm Pherecardia striata were significant predators of CoTS [39,59,74]. Moreover, there have
not been any outbreaks, or persistently high numbers of CoTS on reefs in Panama, where these
two predators are found in high abundance, and where populations of alternative prey (ophidiasterids)
are scarce. Although both field [74] and laboratory studies [43,74,75] demonstrate that the shrimp has
difficulties attacking larger and more active CoTS, it is expected that they are highly effective predators
of smaller, more cryptic CoTS within the reef matrix [39]. The observed preference of H. picta for other
asteroid prey species, particularly smaller ophidiasterids [43], and the strong preference of P. striata
for crustacean tissue over tissue from CoTS [39] emphasises how the relative scarcity of alternative
prey may be an important factor influencing the capacity of a potential predator to manipulate the
population dynamics of CoTS [74]. If they are important in regulating populations of CoTS, this may
occur within a relatively restricted geographical area.

The polyp Pseudocorynactis sp. may also play an important role in the population control of
CoTS [62] in areas where it occurs in high abundances, such as Sogod Bay, Philippines. Pseudocorynactis
sp. prey on a range of echinoderms and has been observed ingesting adult CoTS up to 250 mm in
diameter [62]. Furthermore, Pseudocorynactis sp. preferentially settles under coral ledges and in reef
crevices, where it likely predates on cryptic juvenile and sub-adult CoTS [62].

3. Rates of Predation on Crown-of-Thorns Starfish

Understanding of the importance of predation in the population dynamics of CoTS is significantly
constrained by a lack of empirical data on background mortality rates and natural predation rates.
Quantifying mortality rates of CoTS in the field is tractable, but requires significant investment to
follow the fate of a large number of uniquely tagged or recognizable individuals (sensu [76]) across a
broad size range of individuals and in different habitats. The biggest limitation to such experiments is
the limited capacity to tag CoTS (e.g., [77]). Previous methods used to distinguish individual starfish
(staining, branding, tagging and dyeing) were only effective for days to weeks, limiting any capacity to
get meaningful long-term data on rates of mortality [77]. Identifying more permanent tagging solutions
is essential, but even short-term tagging and tethering experiments could yield important information
about the vulnerability of CoTS to predation.

Short-term tagging and tethering experiments have been used to effectively estimate or compare
predation vulnerability for a range of echinoderms, especially echinoids or urchins (e.g., [76,78,79]).
These studies typically use very short observations (≤3 days) to estimate predation rates, though some
recent studies have been conducted over several months; Ling and Johnson [76] successfully tagged
and tethered the urchin Centrostephanous rodgersii, and measured subsequent survivorship >100 days.
At present, there are few direct, quantitative estimates of predation or mortality rates for CoTS in the
field, which are critical for establishing the importance of predation in limiting the densities of starfish
at individual reefs [21].

Previous research on CoTS predators has focused on estimating maximum rates of starfish
consumption by individual predators and extrapolating this to account for natural densities of these
predators (e.g., [28,80,81]). This is based on the belief that effective control of outbreak populations is
fundamentally reliant on high rates of predation to compensate for rapid population growth of CoTS
when outbreaks begin. However, it is not the rate of feeding per se that is important in determining
whether a predator can effectively regulate prey densities [12], but changes in the rates of predation in
response to spatial and temporal gradients in prey abundance. Predators that are capable of consuming
large numbers of CoTS, by virtue of their high abundance and/or individual capacity to consume
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large numbers of CoTS [20], may be important in suppressing local CoTS densities. Cowan et al. [20]
showed that a wide range of planktivorous damselfishes will feed on CoTS larvae, some of which
(D. aruanus and P. amboinensis) have very high satiation limits. The capacity of these fishes to consume
large numbers of CoTS larvae, combined with high densities of these fishes (as well as many other
planktivorous fishes that may also readily feed on CoTS larvae) could be critical in limiting settlement
rates [42,82] and thereby moderating the local severity of outbreaks. It is unlikely however, that these
fishes could actually prevent an outbreak from ever occurring, unless either (i) they selectively target
CoTS larvae (over other potentially more abundant prey) even at very low prey densities, and thereby
prevent initiation of outbreaks; or (ii) their combined feeding capacity exceeds the very large number
of CoTS larvae that can cause the rapid and pronounced onset of some outbreaks.

Early research on putative CoTS predators largely dismissed the importance of generalist
reef predators, suggesting instead that important predators would have to be highly specialized
(preferentially feeding on CoTS to the exclusion of almost all other potential prey) and feed on
adult CoTS [80]. Importantly, if there are specialist predators that are highly effective in finding
and killing CoTS even when they occur at very low densities, then it may be these predators that
are key in preventing outbreaks from ever occurring [82]. However, effective CoTS predators must
be sufficiently generalist to consume alternative prey [82] and thereby sustain themselves during
non-outbreak periods when CoTS are scarce. If predation (or lack thereof) is a potential cause of
CoTS outbreaks, it seems that we should also be focusing on predators that target pre-settlement,
settlement, and post-settlement pre-reproductive stages [41,42]. Most notably, predation by benthic
invertebrates on newly settled starfish appears, at present, to be the most significant bottleneck in their
life-history [42], but this may be largely attributable to underestimates of predation rates on CoTS
during other life-stages.

Quantitative data on predation rates is rare and in most cases comes from experimental studies that
aim to determine maximum predation rates by specific organisms (e.g., [17,20,28,47,61]), or modelling
efforts that predict the rate of predation needed to prevent outbreaks (e.g., [33,41,82,83]). Based on
caging experiments, the triton shell C. tritonis is estimated to consume 0.7 adult starfish per week [28],
however attacks are not always fatal [55] and this predator prefers to feed on other starfish when given
a choice [28]. Furthermore, pre-fishing numbers of C. tritonis remain largely unknown and it is unlikely
that this invertebrate was ever present in sufficiently high numbers to prevent outbreaks [84,85].
Starfish numbers are persistently low in areas where the corallimorph P. hoplites [61] or harlequin
shrimp H. picta together with the lined fireworm P. striata [59] are abundant. Consumption rates of
adult starfish (up to 340 mm diameter) by P. hoplites are estimated to be 29.5 g day−1 [61]. In the
eastern Pacific, Glynn [59] reported that 5%–6% of the CoTS were being attacked by H. picta at any time,
and 0.6% of the starfish population were preyed upon by both H. picta and P. striata. Approximately
50% of CoTS being attacked by H. picta ultimately died, compared to close to 100% for CoTS being
attacked by both H. picta and P. striata, and these two predators are particularly effective in regulating
numbers of juvenile starfish [59]. Keesing and Halford [17] measured significant mortality rates on
post-metamorphic starfish (5.05% day−1 on 1-month old starfish and 0.85% day−1 on 4-month old
starfish), due to predation by epibenthic fauna contained within dead coral rubble. This is much
higher than the attack rate on juvenile starfish (1%–1.5%) that McCallum [40] suggested would be
sufficient to limit the occurrence of CoTS outbreaks, based on demographic modelling. Cowan et al. [20]
conducted a series of laboratory experiments, measuring maximal predation rates by a wide range of
planktivorous damselfishes upon CoTS larvae, reporting consumption rates ranging from 14 larvae h−1

by C. viridis, up to 158 larvae h−1 by D. aruanus.
Ormond and Campbell [43] suggest that the predatory behaviour of large fishes (the pufferfish

A. hispidus, and triggerfishes P. flavimarginatus and B. viridescens) may have the capacity to control
densities of adult CoTS in the Red Sea, and may be capable of disbanding aggregations in
their early stages. It is however, unlikely that these species would be effective in controlling
CoTS populations across the entire Indo-Pacific region as they are not universally common [86].
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However, triggerfishes (particularly, Balistapus undulatus) may nonetheless be important maintaining
the structure of coral reef ecosystems, by predating on rock-boring urchins [87]. There may be other
large predatory fishes capable of regulating densities of adult CoTS; Keesing and Halford [47] observed
the pufferfish A. stellatus to be capable of consuming adult starfish (20 cm diameter) in less than 10 miin.
Further, Ormond et al. [33] reported greater mean densities of lethrinids and large fish predators from
the Red Sea, where no major outbreaks of CoTS were known to have occurred, compared to the
GBR, where two cycles of large scale outbreaks had occurred [33]. Further, within the GBR, mean
predatory fish densities were found to be reduced on reefs that were experiencing major outbreaks [33].
Fish species examined were commercially targeted or frequently caught as bycatch, and variations
in population densities of predatory fish between sites was compatible with fisheries data on fishing
intensity, therefore the pattern of difference in CoTS populations could be explained by differing
fishing intensities between locations [33].

3.1. Sub-Lethal Injuries

Discussions to this point have focused on instances of whole animal or lethal predation,
but sublethal (or partial) predation is often very apparent and well documented among
echinoderms [88,89]. For CoTS, very high proportions of adults (up to 60%) have evidence of recent
injuries (most apparent as missing arms), which is attributed to partial predation [15]. Even if the
predation is not immediately fatal, sublethal attacks may still have an important influence on population
dynamics. In the short term, open injuries and exposed internal organs may increase the likelihood
of pathogenic infections and disease transmission among individuals [90–92] and can also increase
susceptibility to further attacks [39]. Even if starfish effectively repair injuries caused by partial
predation, effective declines in the size of individuals caused by sub-lethal predation will reduce food
intake [88,93,94]. Crown-of-thorns starfish also regrow damaged or missing arms [28,95], which will
require re-allocation of nutrients to regeneration, which could otherwise have been used for immune
defence [11], reproduction or somatic growth [88,93]. The removal of arm tips, and consequent removal
of the eyespot, may additionally result in reduced foraging efficiency due to the loss of vision, which is
important for navigating between reef structures and locating prey [96].

There are strongly opposing views about the inferences of high incidence of partial predation
in populations of crown-of-thorns starfish. In general, high incidence of sub-lethal predation has
been considered to be generally reflective of high intensity of predation (e.g., [11,15]), such that high
rates of partial mortality serve as a proxy for high levels of overall mortality. In the Philippines,
Rivera-Posada et al. [11] showed that the incidence of injuries on CoTS was highest within a no-take
marine reserve, and supporting information on the high diversity and abundance of reef fishes
corroborate the idea that overall intensity of predation would likely be much higher inside versus
outside of this reserve. Conversely, high incidence of partial mortality may reflect low intensity
of predation pressure [16] because when predation is intense it would be expected that most
predation events would result in complete mortality. As such, high incidences of starfish with partial
injuries point to the strong regenerative capacity of starfish [14] and may suggest that predation
is predominantly sub-lethal for crown-of-thorns starfish. Schoener [97] suggested that there is no
reason to expect any relationship between rates of injuries versus rates of predation-driven mortality,
because the efficiency of predation (the proportion of attacks that cause death) is independent of the
attack rate or incidence of predation. For the asteroid Asterias amurensis, high density populations
have been observed to be completely annihilated by an incursion of thousands of spider crabs
(Leptomithrax gaimardii) that moved to shallow reefs in large numbers [89]. Additionally, where crab
incursions involved fewer individuals, high rates of sub-lethal injury (~70% of starfish population
injured) occurred independently of mass predator-driven mortality [89]. In this example, the high
mobility of spider crabs can lead to overwhelming local impacts on starfish populations but this impact
is highly variable across space and time [89]. Ultimately, a dedicated research project is needed to test
the relationship between rates of partial versus complete predation mortality. However, in the absence
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of any empirical data on overall rates of predation mortality, the incidence of injuries serves as the best
proxy to test for variation in vulnerability to predation among locations and with size of starfish [15].

A common trend among echinoderm species is for the incidence of sub-lethal injuries to decline
with increasing body size [14,78,88,89,93,98] reflecting general declines in the vulnerability to predation.
Accordingly, Messmer et al. [14] observed a clear linear decline in both rate and severity of predation
with increasing starfish size. Rivera-Posada et al. [11] reported highest incidence of arm damage in the
intermediate (11–20 cm diameter) size class however. This pattern may be explained by changes in
behavioural and physical characteristics with increasing size, whereby intermediate sized individuals
may have greatest exposure to predators, while smaller starfish (<10 cm) tend to remain hidden but
are also more likely to be completely consumed [16]. Reduced incidence of sublethal predation in
largest individuals (≥21 cm) may be explained by increased length of spines [11] and satiation of
predators following removal of a smaller proportion of the total body mass. Disparity between the
trends observed in these studies may be a result of differing sample size or differing suites of predators
between the locations on the GBR [14] versus in the Philippines [11].

Sub-lethal and/or ‘trait-mediated’ effects of predators [89] can include alteration of behaviour
and spatial patterns in echinoderms, in addition to changes in adult abundances and local spatial
distributions, which are important for the reproductive ecology of free-spawning marine invertebrates
as they influence rates of fertilization success [99]. For CoTS, fertilization success may be close to
100% when spawning individuals are adjacent to each other [100], thus any predator that is capable of
dissipating an aggregation, or sufficiently reducing adult density, is likely to have a significant impact
on zygote production. Humans have been shown to indirectly alter spatial distributions of asteroids,
leading to much higher rates of fertilization in human-driven hotspots of zygote production [97].
In this way, sub-lethal predatory effects, leading to reduced individual reproductive performance,
in combination with alteration to spatial configurations at the time of spawning may impact on
zygote production for asteroids [99], potentially influencing the occurrence of secondary outbreaks for
CoTS [101].

3.2. Population Modelling

Population simulation models provide a means of exploring the possible role of predation (or other
natural causes of mortality) in regulating populations of CoTS (e.g., [82]), especially given little or
no empirical data on satiation levels and feeding efficiency of potential predators or predation rates
on larval and juvenile CoTS. Simulation models indicate that changes to predation rates during the
pre-reproductive, post-settlement stage may be particularly relevant in understanding the dynamics of
CoTS populations [40,41,82]. Notably, given their exceptional reproductive capacity, small changes in
proportional survivorship or settlement success of CoTS larvae will result in large changes in adult
abundance. Accordingly, McCallum [41] argues that relatively subtle changes in the abundance of
predators (e.g., caused by exploitation) and/or predation rates, will reduce the level of local recruitment
required to overcome (or satiate) predators.

The potential ecological importance of predation as a regulatory factor upon CoTS populations
depends largely upon the ability of predators to find and consume prey [102]. Quantification of
the functional response, described by the intake rate of prey as a function of prey density [103],
is a common method that provides insight into the dynamics of predator–prey systems [104–106].
Functional responses may be classified into three types. A type I response assumes a linear increase
in the intake rate with increasing food density, generally up to a maximum value, beyond which the
intake rate is constant [107]. Type II is characterized by a decelerating intake rate [107] and assumes that
the predator is limited by its ability to process food [108,109]. Type III is associated with an accelerating
intake rate, associated with prey switching behaviour (preferential consumption of the most common
type of prey [110]), up to a saturation point [107]. Predators that exhibit prey-switching behaviour,
feeding more frequently on CoTS in response to a marked increase in their local abundance, may be
capable of dissipating an aggregation in its early stages [53]. In order to persist when population
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densities of CoTS are low, predators should be able to take a range of prey, exhibiting an increased
feeding response in reaction to a rapid increase in the CoTS population [53]. Predators exhibiting these
type II and type III functional responses [103] are typical of vertebrate predators, reinforcing the focus
on fish, and are supported in McCallum’s [15,82] population models. In laboratory feeding experiments
on Acanthaster spp. larvae, planktivorous damselfishes exhibit primarily a type II functional response,
indicating their capacity to consume sufficient larvae to suppress settlement rates when larvae are
already scarce, thereby contributing to very low natural densities of CoTS recorded outside of outbreak
periods [20]. However, very high densities of larvae, which are a necessary condition for the rapid and
pronounced onset of outbreaks, are likely to swamp even the combined consumption capacity of all
planktivorous reef fishes [40].

4. Conclusions

Crown-of-thorns starfish are vulnerable to predation from a wide range of coral reef organisms,
and at all stages of their life cycle. Despite identification of potentially key predators, and groups
of predators, natural predation rates in both outbreaking and non-outbreaking populations remain
largely unknown. This considerably limits our understanding of the role of predation in structuring
the population dynamics of CoTS and of approaches to managing their often-devastating impacts
on coral reef ecosystems. Whilst predation is likely to be important in suppressing settlement rates
and contributing to naturally low densities of CoTS, the initiation and spread of outbreaks cannot,
at present, be definitively attributed to changes (presumably declines) in the abundance of predators
and/or changes in predation rates (e.g., [111]). Babcock et al. [111] showed that there are likely to
be multiple factors that contribute to outbreaks of CoTS, such that a diverse range of management
strategies will be required to prevent, or reduce the occurrence, of outbreaks. Maximising the number
and diversity of putative CoTS predators is nonetheless, a “no regrets” strategy to minimise the risk
of CoTS outbreaks and increase the resilience of coral reef ecosystems, generally. In the meantime,
further research into potential predators, as well as estimates of predation and mortality across all
life-stages of CoTS, is still warranted. More specifically, rates of pre- and post-settlement predation
should be explicitly compared along known gradients in abundance of putative CoTS predators
(e.g., inside and outside of marine reserves with marked differences in the abundance and diversity of
fishes that feed on CoTS). New technologies provide improved opportunities to explore spatial and
temporal variation in the demographics of CoTS populations, for example, DNA screening of diets for
large numbers of potential CoTS predators [44,112], plus increased potential to tag and track benthic
species within reef environments [113]. Such novel approaches along with remote sensing techniques
will provide new insights into changes in the population dynamics and/or environmental conditions
during the onset of population outbreaks.
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Abstract: Previous studies have suggested that Crown-of-Thorns starfish (COTS) larvae may be able
to survive in the absence of abundant phytoplankton resources suggesting that they may be able to
utilize alternative food sources. Here, we tested the hypothesis that COTS larvae are able to feed on
coral-derived organic matter using labeled stable isotope tracers (13C and 15N). Our results show
that coral-derived organic matter (coral mucus and associated microorganisms) can be assimilated
by COTS larvae and may be an important alternative or additional food resource for COTS larvae
through periods of low phytoplankton biomass. This additional food resource could potentially
facilitate COTS outbreaks by reducing resource limitation.

Keywords: Acanthaster; COTS; coral reefs; coral mucus; food limitation; isotope analysis; Japan

1. Introduction

Outbreaks of Crown-of-Thorns starfish (COTS), Acanthaster spp., can have devastating effects
on coral reefs throughout the Pacific and Indian Oceans [1,2]. Determining the causes and spatial
variability of COTS outbreaks has proven to be a major challenge for coral reef managers [2,3]. Efforts to
determine the causes of COTS outbreaks on the Great Barrier Reef have identified anthropogenic
eutrophication as an important correlate [3–6]. The increased phytoplankton concentrations that
result from high inorganic nutrient concentrations in the water are thought to promote abnormally
high survival rates of COTS larvae by acting as an important food resource [4–6]. However, most
coral reefs are often considered oligotrophic systems with low phytoplankton biomass, which may
help keep COTS populations stable in unperturbed conditions [4]. Maximal survival of COTS
larvae has been directly linked to specific concentrations of food resources [6–9]. In the studies
using natural phytoplankton assemblages as food sources, COTS larvae have been found to benefit
from increasing food availability from 0.25 to 0.8 μg chl-a L−1, with the highest growth rates
observed at concentrations of >0.8 μg chl-a L−1 and resource limited mortality occurring below
0.25 μg chl-a L−1 [6,8]. Furthermore, Wolfe et al. [7] recently reported using a single microalgae species
that phytoplankton levels of 1 μg chl-a L−1 were optimal for COTS larval development success.

On many coral reefs, typical concentrations of chl-a are approximately 0.2–0.6 μg chl-a L−1

(Table 1), which may be limiting to the survival of COTS larvae [6,8]. In Okinawa, chl-a concentrations
often fall below 0.25 μg chl-a L−1, the critical concentration for COTS larval survival [10–14].
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However, local abundance of COTS suggests their larvae may be able to survive under low chl-a
conditions, possibly by utilizing additional food sources [15,16]. Recent studies have reported that
naturally-occurring COTS larvae were in the advanced developmental stages in the vicinity of
coral communities [17–19], suggesting the utilization of organic matter derived from coral reefs
by COTS larvae.

Table 1. Chlorophyll-a (Chl-a) concentrations in various coral reef waters. Some values were visually
interpreted from figures. The values in parenthesis are the mean of several data in the study.
GBR, Great Barrier Reef.

Site Chl-a (μg·L−1) Reference

Miyako Island (Okinawa, Japan) 0.10–0.15 [10]
Miyako Island (Okinawa, Japan) 0.1–0.4 [11]
Sesoko Island (Okinawa, Japan) 0.11–0.77 (0.45) [12]

West coast of Okinawa Island (Japan) <0.05–1.79 (0.17) [13]
Ishigaki Island (Okinawa, Japan) 0.09–0.55 [14]

Princess Charlotte Bay (GBR, Australia) 0.06–0.28 (0.16) [20]
Princess Charlotte Bay (GBR, Australia) 0.40 [21]
Cairns-Innisfail sector (GBR, Australia) 0.03–0.64 (0.25) [20]

Wet Tropics (GBR, Australia) 0.70 [21]
Central GBR (Australia) 0.19–0.72 (0.38) [22]

Whitsunday Islands (GBR, Australia) 0.31–1.21 (0.79) [23]
Uvea Atoll (New Caledonia) 0.23 [24]

The Southwest lagoon (New Caledonia) 0.25–2.14 (0.60) [25]
Maître Island (New Caledonia) 0.26–0.42 (0.30) [26]

Tikehau Atoll (Tuamotu, French Polynesia) 0.17 [27]
Takapoto Atoll (Tuamotu, French Polynesia) 0.23 [27]
Takapoto Atoll (Tuamotu, French Polynesia) 0.21–0.23 (0.22) [28]

Fakarava/Rangiroa Atolls (French Polynesia) 0.008–0.25 [29]
Ahe Atoll (French Polynesia) 0.08–0.85 (0.34) [30]

Tioman Island (Malaysia) 0.20–0.24 (0.22) [31]
Bidong Island (Malaysia) 0.28–0.30 (0.29) [32]

Scleractinian corals release a large amount of organic matter in the form of mucus [33] as a result
of basic metabolic activities and as a protective mechanism against various stresses [34]. Coral mucus
particles contain carbohydrates, proteins, lipids, and numerous microorganisms [33,35]. When coral
mucus particles become suspended in the water column it aggregates various organic particles (such
as microbes and phytoplankton) and becomes more enriched in organic matter over time [33,36,37].
These coral mucus aggregates are considered to be one of the major contributors to the origin of
particulate organic matter (POM) in reef waters [36,38]. These mucus aggregates have also been
reported as an important food source for various reef animals, such as fish, zooplankton, and
several benthic taxa, such as coral crabs and brittle stars [39]. Experimental evidence has shown
that copepods and mysids, two common zooplankton taxa, directly utilize coral mucus aggregates as
a food resource [40,41]. The release of mucus by corals increases with increasing ambient light and
water temperature [42] as it originates from by-products of the photosynthesis of zooxanthellae [43].
Thus, mucus production is likely to be maximized in summer (July–August in Okinawa) which
corresponds with the peak spawning of COTS (July in Okinawa). Coral mucus could, therefore, be an
important food source for COTS larvae that develop on or near coral reefs during periods of low
phytoplankton biomass.

Here, we examined whether COTS larvae are able to feed on coral-derived organic matter. Since
understanding the key food sources of COTS larvae is critical for determining future recruitment of
adults [7], it is important to investigate all possible food sources in the natural environment. If COTS
larvae feed on organic matter released by corals, this would represent an additional food source not
previously considered. This additional food resource may enhance the survival of COTS larvae and
subsequent recruitment of adults in areas that are naturally low in phytoplankton abundance and/or
during times of reduced phytoplankton biomass.
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2. Materials and Methods

2.1. Collection of COTS Larvae

Adult COTS (ca. 25 cm diameter) were collected on shallow reefs around Onna Village
(N26.508496; E127.854283), Okinawa, Japan, in June 2015. Individuals were immediately transferred
to the flow-through indoor aquaria at the Sesoko Station, Tropical Biosphere Research Center
(University of the Ryukyus). We refer to the individuals from the Pacific Ocean clade COTS used in
this study as Acanthaster cf. solaris [44,45].

COTS larvae were obtained using the method of Birkeland and Lucas [1]. Several mL of
1-methyladenine solution (1 × 10−3 M) were added to a crystallization dish with mature ovary lobes
from the collected adults to release the oocytes. The oocytes released were pipetted into a separate
glass dish filled with filtered seawater. Two drops of dense spermatozoa suspension were then added
and gently stirred to fertilize oocytes. Fertilized oocytes were repeatedly rinsed with filtered seawater
and introduced into a 9 L cylindrical plastic container with filtered seawater. After approximately 24 h,
actively swimming gastrula larvae were transferred to another container where they were reared in
filtered seawater at 28 ◦C with enriched phytoplankton using Dunaliella tertiolecta at a cell density of
500 cells mL−1 (= 0.9–1.0 μg chl-a L−1), until they reached the advanced bipinnaria stage. The algae
D. tertiolecta (NRIA-0109) was provided by GeneBank of the Japan Fisheries Research and Education
Agency (Yokohama, Japan). Daily seawater changes were carried out by gentle reverse filtration using
a 60 μm mesh screen.

2.2. Collection of Coral Mucus

Colonies of the branching corals, Acropora muricata and A. intermedia were collected from the reefs
of Sesoko Island, and raised in the outdoor aquaria facility at the Sesoko Station for more than a year.
Two weeks before the experiment, the coral colonies were transferred to a 30 L flow-through outdoor
aquarium tank. Fresh seawater was directly pumped from the reef to the aquaria at the flow rate of
2.5 L·min−1.

The corals were labeled with enriched concentrations of stable carbon and nitrogen isotopes by
incubating corals in isotopically-enriched seawater following the methods of Naumann et al. [46].
The water inflow was stopped at 1000 h, and the aquarium was treated with NaH13CO3 and Na15NO3

(Cambridge Isotope Laboratories, MA, USA, 98 atom %) to a final concentration of 20 mg·L−1 and
1 mg·L−1, respectively. After a 5 h (at 1500 h) incubation, the flow-through seawater was resumed.
The tank was aerated with a powerful air-pump for sufficient seawater agitation during each of the
incubation periods. The labeling procedure was repeated for three days. On the final incubation day,
labeled mucus was collected at 1600 h, one hour after the incubation period. To collect the mucus,
corals were removed from the tank and washed with unlabeled filtered seawater [46]. The corals were
then exposed to air and hung in direct sunlight to trigger mucus production [33]. The released mucus
was collected in sterilized 50 mL Corning tubes. The collection of the labeled mucus was conducted
twice, on July 18 and 25. The mucus was used immediately after each collection for the following
feeding experiments. Triplicate subsamples of the labeled mucus from each collection period were
placed in pre-weighed tin capsules and dried for 24 h at 60 ◦C, then stored in a desiccator until isotopic
analysis was performed.

2.3. Feeding Experiments

Feeding experiments were conducted following each of the mucus collections using bipinnaria
larvae. During the first feeding experiment, five-day-old (fertilized on 13 July) and 14-day-old
(fertilized on 4 July) larvae were used (Experiment 1). For the second feeding experiment only
five-day-old larvae (fertilized on 20 July) were used (Experiment 2). Prior to the experiments,
actively-swimming larvae were gently siphoned out, concentrated, and rinsed thoroughly with GF/F
(Whatman, NJ, USA) filtered seawater. These larvae were kept in GF/F filtered seawater for 24 h to
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empty their guts. Feeding incubations were conducted using 12 polycarbonate bottles filled with 1 L
of GF/F filtered seawater. In Experiment 1, six bottles were used for five-day-old larvae and the other
six for 14-day-old larvae. In each set of six bottles, three bottles treated with 2 mL of labeled mucus
and the other three bottles were used as controls (without mucus). The feeding experiments contained
approximately 300 starved larvae in each bottle. All bottles were incubated in the laboratory for 24 h
keeping the water temperature at 28 ◦C. The bottles were rotated on a plankton wheel (Model II,
Wheaton Instruments, NJ, USA) during the incubation to keep larvae and coral mucus particles in
suspension. In Experiment 2, five-day-old larvae were introduced to all 12 bottles (300 individuals
per bottle) and filled with 1 L of GF/F filtered seawater. Of these 12 bottles, six were used for the
feeding treatment (with mucus) and the other six were used for the control treatment (without mucus).
This second incubation was conducted for 48 h, and three bottles were collected from each treatment
at 24 and 48 h.

After the incubations, the COTS larvae were collected on a 60 μm mesh screen and washed with
unlabeled Milli-Q water (Whatman, NJ, USA) 10 times to remove remaining labeled external mucus
material. The larvae were then transferred into 15 mL Corning tube full of Milli-Q water. These tubes
were refrigerated until the larvae settled to the bottom. The settled larvae were gently pipetted out
(this procedure allowed for the collection of all larvae within a sample in a small volume of water),
then placed into a tin capsule, dried (40 ◦C, 24 h), and stored in a desiccator until isotopic analysis
was performed. Due to low biomass, COTS larvae collected from triplicate bottles for each feeding
treatment were pooled to ensure a good signal. Therefore, only four samples for each feeding treatment
were analyzed. Samples were not acidified with HCl to remove possible inorganic carbon because the
acid could have damaged the larvae and altered their isotopic signature.

2.4. Analysis

Carbon- and nitrogen-stable isotope ratios of the larvae were determined by elemental
analysis/isotope ratio mass spectrometry (EA/IRMS) using a Flash EA1112-DELTA V PLUS ConFlo III
System (Thermo Fisher Scientific, MA, USA) at SI Science Co., Ltd. (Saitama, Japan). The carbon and
nitrogen isotopic ratios are expressed in δ notation (Vienna-PeeDee Belemnite limestone for carbon
and atmospheric nitrogen for nitrogen) as the deviation from standards in parts per mill (�) using
the following equation: δX (�) = [(Rsample/Rstandard) − 1] × 1000, where X is 13C or 15N and R is the
ratio of 13C/12C or 15N/14N. The analytical error was less than ± 0.13� for carbon and ± 0.61� for
nitrogen. Significant differences (at the p < 0.05 level) of δ13C and δ15N values between control and
mucus were determined using Student’s t-test.

3. Results and Discussion

The average value (± SE) of δ13C and δ15N of labeled coral mucus was 358.5� ± 92.7� and
1683.4 ± 112.1� for the first experiment and 707.4� ± 31.2� and 1983.8� ± 111.1� for the second
experiment, respectively (Table 2). The δ13C and δ15N ratios of the labeled mucus showed higher values
in the second experiment, likely because of label accumulation in coral tissue and/or the biological
community in the mucous on the coral surface (e.g., bacteria and zooxanthellae) [46]. We measured
the δ13C and δ15N values of raw coral mucus, which could contain bacteria and zooxanthellae.
Therefore, we are not able to offer direct evidence of mucus labeling via coral tissue but rather the
labeling of the aggregation of organic matter within the mucus particles. However, Naumann et al. [46]
measured the δ15N of coral mucus that was filtered through 0.2 μm filter to remove microorganisms,
and showed coral mucus had been labeled successfully. Considering the δ15N value in our labeled raw
coral mucus (1.68�–1.98�) are similar to values reported in other studies ([46] ca. 2.00�), we consider
that the coral mucus in our experiment was successfully labeled.

233



Diversity 2016, 8, 18

Table 2. δ13C and δ15N signatures of labeled mucus released by Acropora corals. C/N ratios were
determined as %C/%N of the samples. Bold values indicate mean (± SE) of triplicate measurements.

Collection Day (mm/dd/yy) δ13C (�) δ15N (�) C/N

07/18/2015 288.9 1562.5 6.7
463.7 1783.9 7.7
322.9 1703.7 7.2

358.5 ± 53.5 1683.4 ± 64.7
07/24/2015 690.6 2091.3 7.8

688.1 1869.4 7.2
743.3 1990.6 7.3

707.4 ± 18.0 1983.8 ± 64.1

After both the 24 and 48 h incubations, the COTS larvae in the mucus addition treatments
exhibited highly-enriched δ13C and δ15N values compared to those in control treatments (Figure 1).
The average value of δ13C (40.7� ± 34.9�) and δ15N (133.4� ± 55.9�) of larvae in the mucus
treatments (n = 4) was significantly (P = 0.017 for δ13C and 0.0040 for δ15N) higher than those in
controls (δ13C, −16.8� ± 0.3�; δ15N, 7.1� ± 0.2�, n = 4) (Figure 1). Since δ13C and δ15N of the
labeled mucus in the second experiment showed higher values, the following δ13C and δ15N values
of COTS larvae also showed higher values compared to those in the first experiment. These results
indicate that δ13C- and δ15N-labeled mucus are transferred into COTS larvae, providing further
evidence for the potential use of organic matter derived from corals as a food source.

Figure 1. δ13C and δ15N signatures of COTS larvae after 24 h or 48 h of incubation with δ13C- and
δ15N-labeled coral mucus and under control conditions. Closed and opened circles indicate fed larvae
(with mucus) and unfed larvae (without mucus), respectively. Dates indicate the day of fertilization.
Each plot comes from a single analysis.
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This is the first study to show that COTS larvae can take up organic matter derived from corals.
However, the raw coral mucus we provided to the COTS larvae may contain zooxanthellae and other
microorganisms as mentioned above. Therefore, whether COTS larvae fed on whole coral mucus
aggregates or selectively fed on the associated microorganisms remains unclear. Regardless, it is
evident that the COTS larvae, in our feeding experiments, assimilated organic matter derived from
corals, either directly (i.e., pure mucus), or indirectly via the associated microorganisms in/on the coral
mucus aggregates (i.e., bacteria and zooxanthellae). It is also unclear whether COTS larvae fed on the
particulate and/or dissolved fraction of the coral mucus, as we did not size-fractionate the coral mucus.
Previous reports have shown that COTS larvae can utilize both POM and dissolved organic matter
(DOM) [8,47,48]. Naumann et al. [46] also reported that coral associated epizoic acoelomorph Wamioa
worms utilized both the particulate and dissolved fraction of mucus released by corals. Thus, it is
possible that COTS larvae are capable of feeding on both POM (mucus particles) and DOM released
by corals.

Previous studies that have observed high survival rates of COTS larvae even when exposed to
low concentrations of phytoplankton, suggesting that they may utilize other food sources (e.g., [8,9]).
For COTS larvae in near-reef waters, organic matter derived from corals may provide an important and
previously underappreciated source of nutrition. Peak spawning for COTS tends to occur in summer
(July in Japan). During this period, elevated water temperature and light intensity may also cause
higher organic matter release by corals [42]. In Okinawa, numerous advanced COTS brachiolaria larvae
were found near coral communities [19] and it appears that some populations of COTS larvae are
retained in near-shore waters due to prevailing along-shore currents in the archipelago in summer [17].
If COTS larvae are entrained near-shore they are more likely to encounter coral-derived organic matter.
When the reef water residence time is short and the net transport of water is offshore, some fraction of
coral mucus may be physically transported offshore before this material settles or is consumed within
the reef environment [39,49]. Thus, coral-derived organic matter may also provide an important food
source to COTS larvae in pelagic habitats adjacent to coral reefs. Consequently, coral mucus and its
aggregates may provide one of the energy pathways for the conversion of coral primary production to
COTS larvae.

Coral-derived organic matter may be a particularly important resource for COTS larval under
oligotrophic conditions typical of many coral reefs where nutrients and phytoplankton biomass are low.
While phytoplankton can be ephemerally high in areas with internal tidal influence or with episodic
upwelling events, coral-derived organic matter may be a more consistent source of nutrition to COTS
larvae on most reefs. Further, these larvae may be able to extend their planktonic durations during
times of low phytoplankton biomass using endogenous nutrients, or by increasing their capacity for
food capture by extending ciliary bands [50]. Although it is not likely that coral mucus, alone, is a
direct causal factor of COTS outbreaks, it does seem likely that coral-derived organic matter could be
an important food source, especially during periods of low phytoplankton levels. In sum, while more
data are needed to understand the quantitative importance of coral-derived organic matter to COTS
population dynamics, our results suggest that the feeding ecology of this species is more complex
than previously thought. Given the nutritional quality of coral mucus and associated material, it is
not surprising that COTS larvae, as well as many other species, take advantage of this resource in an
ecosystem where nutrients are often limiting.
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Abstract: Outbreaks of the coral-eating crown-of-thorns seastar (Acanthaster cf. solaris) threaten
coral reefs of the Indo-Pacific. Movement patterns may play an important role in the spread of
outbreak populations, but studies investigating adult movement behavior are scarce. It remains
unknown if Acanthaster cf. solaris orientates in inter-reef areas using chemical, visual, or mechanical
cues (e.g., water currents) or which trigger is used for the onset of movement. We investigated the
movement patterns of adult starved, fed, and blinded A. cf. solaris on sand at two sites with different
unidirectional water current strengths. We found that the movement direction of the seastars in strong
currents was downstream, whereas movement in weaker currents was random and independent from
the current direction. However, the directionality of movement was consistently high, independent
of the nutritional state, its visual abilities, or current strength. Starved A. cf. solaris started to move
significantly faster compared to fed individuals. Therefore, starvation might trigger the onset of
movement. Our findings indicate that navigation of A. cf. solaris in inter-reef areas is inefficient.
Movements between reefs may be random or current-dependent and finding a new reef from a
distance subject to chance, unless it is only few meters away.

Keywords: movement; migration; outbreak; Acanthaster cf. solaris; water current; orientation;
navigation; rheotaxis; crown-of-thorns seastar

1. Introduction

Coral eating crown-of-thorns seastars (Acanthaster cf. solaris) are abundant inhabitants of many
coral reefs. Their specialized diet and frequent occurrence in high-density populations have caused
extensive damage to coral reefs in the Indo-Pacific region for several decades [1]. During population
outbreaks thousands of adult individuals may appear on a reef and move across it in feeding-bands [2].
Over time, local coral resources get depleted and the moving seastars reach the end of a reef or face
a channel. In these situations A. cf. solaris may leave its preferred reef substrate and move on the
bare sandy bottom in the search of reef areas with sufficient coral cover [3–6]. Although the spatial
scales and individual numbers of migrations are not yet known, migrating adult A. cf. solaris may
subsequently contribute to the spread of outbreak populations or cause other reefs to be infected [7,8].
Therefore, it is of considerable interest what triggers the onset of their movement and what cues might
be used by A. cf. solaris to direct their movement and orientate themselves between reefs, on sandy
substrate bare of suitable food.

Several variables have been proposed to influence the movements of A. cf. solaris: density of
corals, exposure to wave action, temperature, time of day, light, and type of substratum, but also age or
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size, condition, or nutritional state [9–11]. Most of these variables, however, only influence the speed of
seastar movement or cause the seastar to actively avoid unpleasant areas. The direction of movement,
however, may be guided by the presence of visual cues [12–14], chemical cues (from food [15],
predators [16], or conspecifics [17]), or water currents [18]. The visual sense of A. cf. solaris was shown
to be involved in navigation on sand towards reef structures from a distance of several meters [13,14].
To successfully navigate between reefs, however, the reef structures have to be in sight, limiting the use
of visual cues for long distance orientation on large, bare, sandy areas [14]. It is commonly assumed
that A. cf. solaris navigate using their well-developed chemical sense [19]. However, chemoreception
in seastars has only proven its functionality over short distances [20]. If chemoreception is used from a
distance, then chemical cues need to be carried towards the seastar by water currents. The seastars may
then follow a gradient of prey odors towards their source [21]. For A. cf. solaris navigating towards its
coral food on the reef using chemoreception may be difficult, as the cues from corals are omnipresent
and the flow patterns may be intricate and turbulent [14,22]. However, localization of prey using
chemical cues is most effective in subtidal environments and where currents flow in one direction [20],
and this may be the case in inter-reef areas. Seastars are also known to combine chemotaxis with their
ability to perceive the mechanical stimulation by currents (rheotaxis). In the presence of chemical cues
from food they may show positive rheotaxis (moving against the current) [22–24] or cross-current
movement [18]. Stronger currents may thereby enhance the capability of seastars to locate their
prey [18]. In this context, the responsiveness to chemical cues from food is frequently increased by
starvation [25–28] and also results in a more consistent movement behavior [18]. This may help A. cf.
solaris to overcome even larger distances between reefs where no food is available.

We aimed to investigate the potential of adult A. cf. solaris to navigate between reefs. In particular,
we tried to identify cues, which may be used for orientation and factors, which trigger the onset of
movement. We therefore analyzed the movement patterns of starved, fed and blinded A. cf. solaris in
the field on sandy substrates under different strengths of water currents. Depending on the senses
(vision, chemoreception, or mechanoreception) A. cf. solaris might use for orientation, we expected
to see differences in movement patterns between treatments, such as an orientation of the seastars
towards the reef or along water currents. In particular, we expected starved seastars to show the most
directional movement and an orientation towards the reef (food source), while fed seastars may be
less directed in their movement, but still being oriented towards the reef (seeking food and shelter).
Blinded seastars should either not differ in their movement patterns from starved or fed, if the chemical
sense is primarily used for orientation between reefs, or should show different movement patterns,
if the visual sense is used for orientation.

2. Materials and Methods

2.1. Study Site

Two sites on the island Mo’orea, Society Islands, French Polynesia (Figure 1a,c), named Temae
(in the northwest; 17◦29′52.43′ ′ S; 149◦45′28.61′ ′ W) and Maharepa (in the north; 17◦28′52.79′ ′ S;
149◦48′56.99′ ′ W) were chosen for the experiments. Both areas consisted of sandy ground with few
interspersed living coral heads. At both sites the water carried towards the seastars had to pass the
reef crest before entering the sandy experimental area and may, therefore, have carried chemical cues
from corals.

Temae was situated in a large lagoon that was delimited by a sandy beach to the west and
otherwise surrounded by fringing or patch reefs on each side. The starting point was located
approximately 50 m from the beach and 370 m from the surrounding atoll reef crest at a water depth of
about 2.5 m. A consistent, relatively strong current (>0.15 m·s−1), whose direction was independent
from the tides was running from north to south, more or less parallel to the beach (Figure 1a,b).

Maharepa was located at a sandflat behind a backreef in about 3–5 m depth. To the south of the
sandflat the ground dropped into a channel, which was approximately 25 m deep. The incoming tides
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produced a current, approximately 40% weaker than in Temae, that ran over the fringing reef towards
to shore. We timed the experiments with the incoming tides so that they produced a consistent current
over the reef perpendicular to the shore (Figure 1c,d).

Although one location was chosen in the lagoon and the other at the backreef, both areas provided
similar conditions as both were downstream of an outer reef (for Maharepa this accounts only for the
incoming tide), both had comparable water depths (2.5 m vs. 3–5 m), and at both the ground was
covered to almost 100% by sand.

 

Figure 1. Experimental sites and movement tracks of Acanthaster cf. solaris on sand. The green-colored
area is land and the beige-colored areas consist of sandy substrate at water depths of 0–5 m.
The blue-colored area represents water depths of >5 m. The black line represents the shoreline or
the division of water depth greater or smaller than 5 m. Black areas represent reef areas with >30%
hard substrate. (a) Overview of the experimental site Temae. The red line indicates the area that
was systematically searched for A. cf. solaris six times a day. The box in the upper right shows the
position of the experimental site around the Island of Mo’orea; (b) movement tracks of A. cf. solaris
in Temae (strong current) recorded during a 2.5-week period. Arrows indicate the direction of the
current; (c) overview of the experimental site Maharepa. The red box indicates the area that was
systematically searched for A. cf. solaris hourly for 3 h. The box in the upper right shows the position
of the experimental site around the Island of Mo’orea; and (d) movement tracks of A. cf. solaris in
Maharepa (weaker current) recorded during 3 h over a period of three days. Arrows indicate the
direction of the current.

2.2. General Experimental Procedure

The experiments took place in November and December 2013. A. cf. solaris were collected at
several locations around Mo’orea and transported to the R.B. Gump South Pacific Research Station.
Eleven individuals each (diameter ~25–45 cm) were randomly assigned to the treatments ‘starved’,
‘fed’, and ‘blinded’ for each of the two experimental sites. Individuals of the “starved” treatment
were kept without food in large plastic bins supplied with seawater from the ocean for 3–6 weeks.
Individuals for the “fed” and “blinded” treatment were collected 1–4 days prior to the experiment
and transported to the station. Individuals in the ‘blinded’ treatment were anaesthetized using 3.5%
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magnesium-chloride hexahydrate (Mg2Cl × 6H2O) mixed with seawater (procedure adapted from
Messenger et al. [29]) prior to dissection. Subsequently the terminal ossicle harboring the terminal
tube foot containing the compound eye was carefully removed using a pair of scissors one day prior to
the experiments.

Depending on the experimental site the seastars were transported either by car (Temae) or by
boat (Maharepa) in large coolers filled with seawater (duration of transport approximately 25 min
and 15 min, respectively). A. cf. solaris were marked individually using numbered plastic tags
(~12 × 15 mm pieces of flagging tape) pulled over an aboral spine. The seastars were released in a
shelter (size approximately 50 × 50 × 30 cm) built out of dead coral rock that was collected within a
radius of 150 m. The shelter was used to allow the seastars to start moving freely without influencing
their initial movement direction and to provide them with a safe hiding place so that the onset of
movement was not influenced by handling and exposure. At the same time this design had the
disadvantage that not all individuals actually had moved out of the shelters after 1–3 h, therefore,
different sample sizes emerged for the observations on movement directions. Additionally, not all
seastars could be recaptured after 3 h.

In Temae one shelter was constructed and three seastars (one individual from each treatment) were
placed in the shelter on each day a trial was conducted. In total, 11 trials were conducted during 2.5
weeks (Supplementary Materials Figure S1) resulting in 33 individuals released during this period of
time. The tagged individuals were not collected after release to enable the recording of their movement
over the period of 2.5 weeks. The experiment always started at 10 a.m. and the shelters were visited
hourly until 1 p.m. Moreover, they were also checked once in the afternoon (3–4 p.m.) and in the
evening (9–10 p.m.), in order to record how long A. cf. solaris individuals were staying in the shelters,
if they had not left after 3 h. Additionally, at these times a large area around the release point was
searched systematically by snorkeling transects parallel to the shore using a compass and underwater
landmarks and the positions of the seastars were recorded (Figure 1a).

The experiment in Maharepa consisted of 10 trials, which were performed during three
consecutive days. Four shelters were built in a line parallel to the reef of which only three were
used in the first two days and the fourth only at the third day of the experiment. After each trial the
released individuals were collected and transported back to the research station. The shelters were
slightly smaller than the one built in Temae, measuring approximately 30 × 30 × 30 cm. To prevent
potential effects of higher densities of conspecifics in the area as compared to Temae, shelters were
set up approximately 20 m apart. This ensured that individuals were not able to detect each other
by visual means [14]. In addition, the direction of the prevailing current should have prevented the
seastars released in each shelter to sense each other chemically because it ran perpendicular to the row
of shelters. The release procedure was identical to that described in Temae, placing one individual of
each treatment in one shelter, with the only exception that all three to four shelters were equipped with
seastars quickly one after another. A. cf. solaris movements were tracked using GPS (GPSMap 60 CSx;
Garmin International, Inc., Olathe, KS, USA) hourly for 3 h after they were released.

The displacement and the direction of movement were analyzed using ArcMap (ArcGIS 10.2.1,
ESRI, Redlands, CA, USA) and the ArcMET tool [30]. The water current direction was determined to
the nearest 5◦ using a compass and an underwater plastic flag and checked during the experiments to
ensure it was not changing. The strength of the current was determined each day prior to the start
of the experiment using a neutrally buoyant plastic piece allowed to drift underwater for 2 m and a
stopwatch. The mean of three such measurements was considered as the current velocity.

2.3. Data Analysis

To test for a preferred movement direction in A. cf. solaris the compass headings obtained after
one and three hours, and several days of movement, were analyzed using the Rao’s spacing test.
This test was applied because the data were partly diametrically bimodal and violated the von Mises
distribution assumption [31]. The directionality of movement (a measure of how close the movement
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resembles a straight path) was analyzed by calculating the D:Wall value [32], where D is the shortest
distance from the starting point to the end position of the seastar (after three hours of movement) and
Wall is the total distance travelled during one observation, thus, the sum of the distances travelled after
one, two, and three hours. Moving in a straight line means displaying perfect directional movement
and would, therefore, result in a D:Wall value of 1. The smaller the value gets, the less directional the
movement is. A D:Wall value of >0.7 is considered to be ‘highly directional’, a value of >0.5 as ‘partly
directional’ and a value of <0.5 is ‘undirected’ movement [32,33]. The data on the duration of stay in
shelters violated the normality and homogeneity of variances assumptions. Hence, to test for a general
difference between treatments in the duration of stay in shelters a Kruskal-Wallis test was applied.
Single treatments were then compared using Mann-Whitney tests.

3. Results

The current produced by the tides in Maharepa was generally weaker than the tide-independent
current present in Temae (Tables 1 and 2). The movement tracks of the seastars in Temae during the
2.5-week period are shown in Figure 1b and the ones in Maharepa, recorded during 3 h, in Figure 1d.
Most of the individuals from the fed treatment in Temae stayed for more than three hours in the
shelter provided; therefore, no data on movement patterns could be obtained on them during this
time. However, their movement patterns could be obtained from the observation for several days
(Section 3.3). The mean distances covered by A. cf. solaris during 1 and 3 h of movement, from which
the directionality of movement was calculated, are shown in Table 3. The observation of the seastars
during all experiments revealed that they always actively moved using their tube feet, even in strong
currents, and were not passively transported by them.

3.1. Movement Patterns after One Hour

In Temae (strong current, see Table 1) starved A. cf. solaris showed significant preference for
a common direction of movement and blinded A. cf. solaris tended towards a common directional
preference that approximately resembled the direction of the currents present (255◦–270◦). For fed
individuals a statistical analysis was not possible, as only one individual had left the shelter after 1 h.
In Maharepa (weak current, see Table 1) no common preference for a certain direction could be detected
in any of the treatments (Table 1). The water currents in Maharepa came from between 320◦ and 340◦

and no general rheotactic orientation could be detected in the movement tracks of the seastars.

Table 1. Mean movement direction of Acanthaster cf. solaris after one hour and test for a preferred
direction (Rao’s spacing test) at two sites with respective water current strengths. Note that the circular
mean direction is not very meaningful when there is no preferred direction in the seastars’ movement
(when Rao’s spacing test is not significant). * Refers to significant test p < 0.05.

Site Treatment N Circular Mean Direction
Mean Current Velocity

[m·s−1]
Rao’s Spacing
Test p-Value

Temae blinded 8 232.9◦ 0.163 ± 0.076 0.056
Temae starved 6 251.3◦ 0.163 ± 0.076 0.026 *

Temae 1 fed 1 265.8◦ 0.163 ± 0.076 -
Maharepa blinded 10 242.0◦ 0.096 ± 0.029 0.400
Maharepa starved 5 275.9◦ 0.096 ± 0.029 0.506
Maharepa fed 6 230.7◦ 0.096 ± 0.029 0.333

1 Only one individual could be observed in this treatment, therefore no mean ± SD or statistical results are given.

3.2. Movement Patterns after Three Hours

The directionality of movement of individual A. cf. solaris was high (D:Wall value ≥0.7),
regardless of site or treatment. Starved and blinded A. cf. solaris in Temae showed a significant
preferred direction of movement that resembled the direction of the currents present (255◦–270◦).
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In contrast, no preferred direction could be observed in blinded, starved or fed A. cf. solaris at the
location with weaker currents i.e., Maharepa (Table 2).

Table 2. Mean movement direction of Acanthaster cf. solaris after 3 h, test for a preferred direction
(Rao’s spacing test) and D:Wall value at two sites with respective water current strengths. Note that
the circular mean direction is not very meaningful when there is no preferred direction in the seastars
movement (when Rao’s spacing test is not significant). * Refers to significant test p < 0.05.

Site Treatment N D:Wall ± SD Circular Mean Direction
Mean Current

Velocity [m·s−1]
Rao’s Spacing Test

p-Value

Temae blinded 6 0.83 ± 0.27 257.0◦ 0.183 ± 0.062 0.004 *
Temae starved 4 0.89 ± 0.17 258.8◦ 0.183 ± 0.062 0.011 *

Temae 1 fed 1 0.98 257.4◦ 0.183 ± 0.062 -
Maharepa blinded 10 0.70 ± 0.18 230.9◦ 0.096 ± 0.029 0.500
Maharepa starved 4 0.85 ± 0.15 319.7◦ 0.096 ± 0.029 0.818
Maharepa fed 5 0.79 ± 0.07 196.9◦ 0.096 ± 0.029 0.074

1 Only one individual could be observed in this treatment, therefore no mean ± SD or statistical results are given.

Table 3. Mean distance covered after one and three hours of A. cf. solaris.

Site Treatment N 1st h
Mean Displacement ± SD

[m] after 1 h
N 3rd h

Mean Displacement (D)
± SD [m] after 3 h

Temae blinded 8 16.7 ± 10.5 6 49.8 ± 27.7
Temae starved 6 13.4 ± 5.6 4 26.3 ± 13.4

Temae 1 fed 1 11.8 1 27.9
Maharepa blinded 10 7.2 ± 5.7 10 15.7 ± 10.2
Maharepa starved 5 12.2 ± 11.3 4 29.7 ± 17.3
Maharepa fed 6 27.4 ± 7.9 5 49.8 ± 8.9

1 Only one individual could be observed in this treatment, therefore no mean ± SD or statistical results are given.

3.3. Movement Patterns after Several Days in Temae

The analysis of the positions of A. cf. solaris from all treatments after more than 3 h of movement
revealed a significant common directional preference (Rao’s spacing test: fed (N = 11): U = 244,
p < 0.001, circular mean direction: 245◦; starved (N = 8): U = 248.2, p = 0.002, circular mean direction:
235◦; blinded (11): U = 208, p = 0.001, circular mean direction: 248◦) to move downstream (Figure 1b,
Table S1). Only one individual from the blinded treatment and one from the starved treatment had
its last recorded position upstream of the release point. The amount of time the movement of single
individuals could be tracked was between 3 h and 11 days, however, most individuals could not be
followed for longer than six days. Additionally, the tracking time was shortened, as some individuals
did not leave the shelter for several hours or days (see Section 3.4). For an overview of release and
tracking times, and numbers and distances moved, please see Figure S1.

3.4. Duration of Stay in a Shelter

A. cf. solaris from different treatments significantly differed in the time they stayed in the shelter
(Kruskal-Wallis test; p = 0.013). Starved A. cf. solaris stayed for a significantly shorter time in the
shelter than fed ones (Mann-Whitney-Test; U = 27.5, p = 0.028). Fed individuals remained in the shelter
for 28 ± 11 h. All except one fed individual stayed longer than one hour and one fed individual stayed
for five days in the shelter. In contrast, the starved individuals left the shelter after 5 ± 2 h and half
of the starved A. cf. solaris left the shelter less than one hour after their release. Blinded individuals
did not differ in their duration of stay from starved ones (Mann-Whitney-Test; U = 51.0, p > 0.05),
but differed significantly from fed ones, too (Mann-Whitney-Test; U = 21.5, p = 0.008, Figure 2).
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Figure 2. Mean duration of stay in a shelter of Acanthaster cf. solaris. Error bars represent the
standard error.

4. Discussion

A trigger for A. cf. solaris to start its movements between reefs may be its state of nourishment.
Our experiment showed that starved individuals left a safe shelter almost immediately after they were
placed there, indicating that a poor nutritional state induces migration towards a new food patch.
In contrast, fed individuals stayed there, sometimes for days. Blinded individuals were also in a good
nutritional state, but started as early as starved individuals, a behavior that contradicts the hypothesis
that nourishment induces movement. However, blinded individuals were obviously not behaving
like starved or fed individuals. Some of them ended up very close to the shore (in Temae) and when
they were recaptured they were often moving on sand, while others had found a small reef block to
hide or feed. This supports the finding that vision is playing an important role in the orientation of
A. cf. solaris [13,14]. At the same time, the lack of visual information may have caused their early
departure, as they may not have recognized being in a safe location, in the shade of a shelter.

The analysis of the movement patterns after the seastars had left the shelter indicate that there is a
relationship between the strength of the water current and the direction of A. cf. solaris movements on
sand. Surprisingly, in strong current A. cf. solaris followed its direction and showed negative rheotaxis
independent of their nutritional state or their ability to see, even after several days of observation.
This behavior is uncommon as often seastars show positive rheotaxis [22,34–36], even in the absence
of chemical cues in the water [24]. Castilla and Crisp [34] found a reversal of the normally observed
positive rheotaxis in Asterias rubens in the laboratory to be caused by the following factors: a sudden
increase of the sea water temperature, a reduction of the sea water salinity below 25‰ S, a drop in
the oxygen tension below 4.18 mL O2/L, a pH of less than 6.9, and long periods of captivity under
starvation. Although water parameters were not recorded in the study area, such dramatic changes are
highly unlikely to have occurred during the experiments, especially given that no storms, heavy rains
or swells took place. In addition, strong surge, which is suggested to alter A. cf. solaris movements [37],
can be excluded as an influencing factor, as experiments were only performed during very calm seas.
Seastars may show negative rheotaxis in the presence of a cue that indicates potential predators or
harmful conditions [34]. However, this is also highly unlikely to have caused the observed movement
patterns as such reactions have only been shown as a response to an immediate predator cue present
in the water [17,38,39] and, therefore, the immediate presence of a predator, which was not observed
during the time of the experiment.
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A factor that indeed might have caused the negative rheotaxis observed in the present study
was starvation. However, blinded individuals also showed negative rheotaxis in strong currents,
which is not directly attributable to their nutritional state. Additionally, instead of showing negative
rheotaxis, other seastars even enhance their positive responsiveness to cues when starved [18,27,40].
It might be assumed that the sand did not provide enough gripping surface to the tube feet and the
seastars might, therefore, have been passively transported by the current rather than actively moving
with it [3]. However, the observations made during the experiments show that the seastars moved
actively using their tube feet and could still change their direction of movement to the side and that
several individuals could also move against the current. One remaining explanation for the observed
downstream movement is that the seastars actively move with the current if it is too strong to save
energy. The fact that A. cf. solaris showed movement in random directions and no general downstream
movement in weaker currents support this hypothesis. In even weaker currents (mean velocity:
0.054 m·s−1) and on shorter timescales, also, no influence of currents on movement direction in
A. cf. solaris was observed [32]. The only other field study that investigated movement patterns
of tagged A. cf. solaris was conducted on a solid reef structure, not like the present one on sandy
substrate. Movement patterns here were random, as in the present study during weak currents,
but no clear measurements of current strengths were made stating only that currents moved strongly
in ‘both directions parallel to the shore’ [5]. Such inconsistent movement directions as a response to a
constant cue were also often found in chemoreception-studies of other seastars (reviewed by Sloan
and Campbell [23]). Still, in the present study, random movement directions were consistently shown
over all treatments during weak currents. This suggests that either no cue for orientation could be
detected by A. cf. solaris or the cues were detected but the seastars did not react to them.

The probability that chemical cues from coral food were present in the water was very high,
as in both experimental sites the water carried towards the seastars first had to pass the reef crest.
Although, the water was not tested for chemical traces of corals, the question is why A. cf. solaris was
not moving towards the reef in the vicinity at all, considering that especially starved individuals should
try to reach feeding grounds. This challenges the ability of A. cf. solaris to successfully navigate between
reefs and maybe even the functionality of chemoreception for long distance navigation. At the same
time, the fact that blinded seastars followed the same inconsistent movement in weak currents as fed
and starved ones implies that visual cues, which have been proven to be important in short-distance
navigation [14], were also not responsible for the observed movement patterns at long distances.
The observation that some of the individuals in Maharepa had started moving into the deep water of
the channel south to the release point, and that others in Temae had moved into shallower water in
the direction of the beach, does rather imply that movement on larger scales between reefs may be
random. Additionally, directed navigation or orientation seems to be limited to the very presence of a
distinct chemical or visual cue only a few meters away. Still, in both experiments, movement of single
individuals was generally highly directional, which may prevent re-encountering already traversed
areas [33]. Such a high directionality of movement has already been shown for A. cf. solaris, although in
shorter time scales and on artificial substrate [32]. For movements between reefs this may be beneficial,
as the distance covered is maximized, however, it still needs to move in the right direction to find a
reef. A directed movement towards the reef was only shown in one individual from each treatment in
Maharepa, which underpins that A. cf. solaris is not efficient in finding reefs from a distance.

5. Conclusions

A. cf. solaris in strong currents showed downstream movement, in contrast to weaker currents
where movement was random; however, movement was not directed towards the reef in both
experiments. This indicates that the senses of A. cf. solaris are generally not well suited to locate
distant reefs. It remains unknown if A. cf. solaris uses specific cues to direct its movement
between reefs, although the trigger for the onset of movement may well be a poor nutritional state.
Importantly, the negative rheotaxis (movement with the current) shown might protect certain reefs
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from being invaded by A. cf. solaris, when currents between reefs are strong and consistently flow into
one direction causing the seastar to move parallel to, or away from, the reef.

Supplementary Materials: The following are available online at www.mdpi.com/1424-2818/8/4/25/s1,
Table S1: Compass directions after several hours or days of A. cf. solaris in Temae, Figure S1. Overview of
release and tracking time and date and distances moved in-between by A. cf. solaris in Temae.
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26. Valentinčič, T. Food finding and stimuli to feeding in the sea star Marthasterias glacialis. Neth. J. Sea Res. 1973,

7, 191–199. [CrossRef]
27. Ribi, G.; Jost, P. Feeding rate and duration of daily activity of Astropecten aranciacus (Echinodermata:

Asteroidea) in relation to prey density. Mar. Biol. 1978, 45, 249–254. [CrossRef]
28. McClintock, J.B.; Lawrence, J.M. Ingestive conditioning in Luidia clathrata (Say) (Echinodermata: Asteroidea):

Effect of nutritional condition on selectivity, teloreception, and rates of ingestion. Mar. Behav. Physiol. 1984,
10, 167–181. [CrossRef]

29. McCurley, R.S.; Kier, W.M. The functional morphology of starfish tube feet: The role of a crossed-fiber helical
array in movement. Biol. Bull. 1995, 188, 197–209. [CrossRef]

30. Wall, J. Movement Ecology Tools for ArcGIS (ArcMET). Available online: www.movementecology.net
(accessed on 12 August 2014).

31. Jammalamadaka, S.R.; SenGupta, A. Topics in Circular Statistics; World Scientific Publishing: Singapore, 2001.
32. Mueller, B.; Bos, A.; Graf, G.; Gumanao, G. Size-specific locomotion rate and movement pattern of four

common Indo-Pacific sea stars (Echinodermata; Asteroidea). Aquat. Biol. 2011, 12, 157–164. [CrossRef]
33. Scheibling, R. Optimal foraging movements of Oreaster reticulatus (L.) (Echinodermata: Asteroidea). J. Exp.

Mar. Biol. Ecol. 1981, 51, 173–185. [CrossRef]
34. Castilla, J.C.; Crisp, D.J. Responses of Asterias rubens to water currents and their modification by certain

environmental factors. Neth. J. Sea Res. 1973, 7, 171–190. [CrossRef]
35. Fenchel, T. Feeding biology of the sea-star Luidia sarsi Düben & Koren. Ophelia 1965, 2, 223–236.
36. Nickell, T.D.; Moore, P.G. The behavioural ecology of epibenthic scavenging invertebrates in the Clyde Sea

area: Laboratory experiments on attractions to bait in moving water, underwater TV observation in situ and
general conclusions. J. Exp. Mar. Biol. Ecol. 1992, 159, 15–35. [CrossRef]

37. Goreau, T.F.; Lang, J.C.; Graham, E.A. Structure and ecology of the Saipan Reefs in relation to predation by
Acanthaster planci (Linnaeus). Bull. Mar. Sci. 1972, 22, 113–152.

38. Montgomery, E.M.; Palmer, A.R. Effects of body size and shape on locomotion in the bat star (Patiria miniata).
Biol. Bull. 2012, 222, 222–232. [CrossRef] [PubMed]

39. Van Veldhuizen, H.; Oakes, V. Behavioral responses of seven species of Asteroids to the Asteroid predator,
Solaster dawsoni. Oecologia 1981, 48, 214–220. [CrossRef]

40. McClintock, J.B.; Lawrence, J. Characteristics of foraging in the soft-bottom benthic starfish Luidia clathrata
(Echinodermata: Asteroidea): Prey selectivity, switching behavior, functional responses and movement
patterns. Oecologia 1985, 66, 291–298. [CrossRef]

© 2016 by the authors. Licensee MDPI, Basel, Switzerland. This article is an open access
article distributed under the terms and conditions of the Creative Commons Attribution
(CC BY) license (http://creativecommons.org/licenses/by/4.0/).

248



diversity

Article

Using Long-Term Removal Data to Manage a
Crown-of-Thorns Starfish Population

Masako Nakamura 1,*, Yoshimi Higa 2, Naoki H. Kumagai 3 and Ken Okaji 4

1 School of Marine Science and Technology, Tokai University, Shimizu, Shizuoka 424-8610, Japan
2 Onna Village Fisheries Cooperative, Onna, Okinawa 904-0414, Japan; mozuku@pony.ocn.ne.jp
3 National Institute for Environmental Studies, Tsukuba, Ibaraki 305-8506, Japan; nh.kuma@gmail.com
4 Coralquest Inc., Atsugi, Kanagawa 243-0014, Japan; cab67820@pop06.odn.ne.jp
* Correspondence: mnakamura@tsc.u-tokai.ac.jp; Tel.: +81-54-334-0411

Academic Editors: Morgan Pratchett and Sven Uthicke
Received: 21 September 2016; Accepted: 14 November 2016; Published: 18 November 2016

Abstract: Background: Removal programs are effective strategies for short-term management
of Crown-of-Thorns Starfish (Acanthaster spp.) populations, especially on a small scale.
However, management programs are costly, and, in order to be effective, they must be based on
local Acanthaster spp. population dynamics. We have developed simple models to predict the
annual number of removable A. cf. solaris along the Onna coast of western central Okinawa Island,
where chronic outbreaks have continued for several decades. Methods: The Onna coastal area was
divided into five sectors, and annual abundance of small A. cf. solaris individuals was used to predict
the total number of removable individuals of a cohort in each sector. Three models were developed,
based on size class data collected by the Onna Village Fisheries Cooperative (OVFC) for 2003–2015,
according to possible patterns of recruitment and adult occurrence. Using the best-fit models selected
for each of the five sectors, the number of individuals that potentially escaped removal was calculated.
Results: Best-fit models were likely to differ among the five sectors instead of small differences in the
coefficients of determination. The models predict differences in the number of residual starfish among
sectors; the northernmost sector was predicted to have a high number of residuals and the potential
density of A. cf. solaris in the sector exceeded the outbreak criterion. Conclusions: These results
suggest how to allocate resources to reduce the population of A. cf. solaris along the Onna coast in
2016. The OVFC implemented a control program for A. cf. solaris based on three model predictions.

Keywords: Acanthaster planci; coral; conservation; statistical model

1. Introduction

Outbreaks of the Crown-of-Thorns Starfish, Acanthaster spp., have been one of the major threats
to coral communities in the Indo-Pacific region for more than a half-century [1]. A recent report
showed that the Great Barrier Reef (GBR) has suffered heavy predation by A. cf. solaris for at least
27 years, resulting in a 42% loss of coral cover [2]. In a simulation, a 0.89% yr−1 increase of coral
cover was predicted in the absence of A. cf. solaris, despite the impacts of other disturbances to
corals in the GBR [2]. This study highlighted the catastrophic influence of Acanthaster predation on
coral communities. Similar to the GBR, other areas in the Indo-Pacific region have been damaged by
unusually high densities of Acanthaster spp.: Countries within the Coral Triangle [3–5]: the Ryukyu
Islands [6,7], Philippines [8], French Polynesia [9,10], and islands in the Indian Ocean [11].

Understanding causal factors of outbreaks of Acanthaster spp. is the principal weapon in the
fight to prevent future coral loss. Decades of studies have determined that the major factor could be
larval supply, which fluctuates drastically with phytoplankton availability [12]. However, neither of
the factors controlling juvenile survival, nor other factors influencing outbreaks of Acanthaster spp.,
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are fully understood [1]. Alternatively, direct control activities for removing adult Acanthaster spp. are
commonly implemented in many localities in order to protect coral communities. Hand-collection
and/or injection of lethal chemicals are the major methods of locally controlling Acanthaster spp.
locally [7,13,14]. These control methods are usually ineffective if conducted as one-shot management
attempts, because outbreaks of Acanthaster spp. normally occur for at least several years [6].
Therefore, continuing control activities of Acanthaster spp. could be proactive measures against future
crises. However, removal programs are costly; thus, it is important to predict population dynamics
of Acanthaster spp. to wisely allocate budget in order to develop management plans. If the programs
are conducted without such plan, a budget might run out before resulting in a significant impact
on the number of Acanthaster spp. That science-based budgeting is necessary to effectively control
populations of Acanthaster spp. In Japan, local government budgets are based on a single-fiscal-year
system, and are allocated according to the previous year’s request. Because of this system, management
programs were halted when the budget ran out, despite a population explosion of Acanthaster spp. [6].
Therefore, control methods must be strategically planned, with adequate budgets, based on accurate
models of demographics of Acanthaster spp.

Quantification of densities and distributions of juvenile Acanthaster spp. are considered to be
effective at predicting outbreaks [15,16]. Monitoring juvenile population dynamics could help to predict
outbreaks ~2 years ahead because Acanthaster spp. reaches adulthood (~20 cm) in two years ([17,18],
Okaji unpublished data). Such field observations might contribute to effective management programs
and might enable adequate budgeting by local governments [15,16].

A long-term A. cf. solaris removal program has been conducted for more than 30 years along
the west coast of Okinawa Island, Japan, by the Onna Village Fisheries Cooperative (OVFC, [7]).
OVFC has been removing A. cf. solaris individuals along the Onna coast by hand-collection [7].
Removal data revealed that A. cf. solaris is widely occurring in the coral reef ecosystem of the
Onna coast, suggesting that A. cf. solaris is likely to maintain chronically high densities in the
area [7]. Moreover, in 2003, A. cf. solaris were sorted into 5-cm size classes. Size class data suggested
that multiple, successive recruitment events could potentially drive high A. cf. solaris population
densities along the Onna coast [7]. As such, OVFC’s removal data helps in understanding local A. cf.
solaris population dynamics.

In this study, applying the idea of juvenile monitoring, we developed models to predict the
number of removable A. cf. solaris individuals, which can be removed during the removal programs of
OVFC, along the Onna coast using the OVFC data.

2. Materials and Methods

Size-class data of removed A. cf. solaris were collected beginning in 2003 at Maeda, Maeganaku,
Minami Onna, Seragaki, and Afuso on the coast of Onna Village (Figure 1) by the OVFC. A. cf. solaris
were manually removed by snorkeling and using tongs and other devices. The areas of removal were
at 1–5 m depth during the daytime with 1–2 h surveys of both mornings and afternoons on selected
days. The size of removed A. cf. solaris was determined with a diameter from the tip of one arm to the
tip of the opposite arm. A. cf. solaris were divided into nine 5-cm size classes from 0–<5 cm to ≥40 cm,
and individuals ≥40 cm were excluded from the analysis because any individuals of this size were
found for 2003–2015.

We developed a model to predict the number of removable A. cf. solaris in the five sectors along
the Onna coast using the size-class data of removed A. cf. solaris of the OVFC. In our model, the
number of small individuals (<15 cm), estimated to be about one-year-old, was considered as the
explanatory variable and used to predict the total number of removable individuals of that cohort.
The growth rate of Acanthaster spp. in laboratory and field observations indicate that Acanthaster spp.
reaches 3–15 cm in the first year, 18–25 cm in the second year, and 25–40 cm in the third year ([17,18],
Okaji unpublished data). To choose an appropriate explanatory variable for the model, we considered
three size classes of explanatory variables: <5 cm, <10 cm, and <15 cm. However, only individuals of

250



Diversity 2016, 8, 24

<10 cm and <15 cm were chosen as a potential explanatory variable because the number of removed
individuals <5 cm in diameter was low until 2010 (~10 individuals per year collected along the Onna
coast). In the analyses, we used complete cohort data, which comprised individuals of the 1st year
(<15 cm), 2nd year (15–< 25 cm), and of the 3rd year (25–< 40 cm). For example, when building
up a complete cohort, size-class data were rearranged because size-class data for 2003, for example,
consists of the 1st year individuals born in 2002, the 2nd year individuals born in 2001, and 3rd year
individuals born in 2000, but a complete cohort of 2003 consists of removed individuals of <15 cm in
2004, of 15–< 25 cm in 2005, and of 25–< 40 cm in 2006. Therefore, we acquired complete cohort data
from 2002 to 2012, which were used for the analyses.

(b)

(c)

(a)

Figure 1. Study site maps: (a) Okinawa Island, Japan; (b) Onna Village on Okinawa Island;
(c) five sectors, which are distinguished with channels, along the Onna coast.

We first constructed linear models to predict cohorts of A. cf. solaris as a function of the number of
individuals of the 1st year (i.e., the size class <10 cm or <15 cm, selected as a potential explanatory
variable, as above) at each sector along the Onna coast, as follows: Cohort = First year individuals +
First year individuals x Sector. This model analyzed the relationship between the numbers of first-year
A. cf. solaris removed (as First year individuals) and total numbers of removable individuals of the
same cohort (as Cohort), and how the relationships differed among the five sectors (as First year
individuals x Sector). The Akaike information criterion (AIC) was used to estimate an optimum
explanatory variable for the model; the size class <10 cm or <15 cm. With the optimum variable,
we examined the best-fit model for each of the five sectors along the Onna coast.

In selecting the best-fit model, we assumed three different cases for COTS population dynamics
along the Onna coast with simple mathematical models; (1) linear, (2) logarithmic, and (3) exponential
ones. These accord to Acanthaster juvenile and adult behavior. Acanthaster juveniles are negatively
phototaxic, hiding in the shaded areas, e.g., crevices and holes of reefs, and are thus nocturnally
active [19]. The negative phototaxis and nocturnality lessen with growth and the increase in density [19].
In addition, Acanthaster spp. move to shallow areas for the spawning [20]. According to these behavioral
characteristics of Acanthaster spp., Case 1: The linear model indicates that larvae consistently settled,
developed, and were eventually removed in areas where OVFC conducted A. cf. solaris removal.
Case 2: The logarithmic model indicates that the areas of settlement have a number of places for hiding
for A. cf. solaris. In this context, “places for hiding” contains two meanings; large area with many
hiding places for juveniles, and large area where fishermen could not patrol the whole area due to
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limited time and manpower, thus, A. cf. solaris could escape from removal. This model could show a
maximum number of removable individuals with limited time and manpower. Case 3: The exponential
model indicates that areas of settlement have relatively less places to hide from fishermen, that is,
relatively narrow areas, where fishermen could cover all areas when patrolling. Therefore, A. cf. solaris
appear easily in shallower areas while growing, and then, eventually, be removed. Therefore, we
selected the best-fit model for each of the five sectors. We first estimated and tested coefficients for
the three models. The estimated total removable individuals of a cohort were then calculated using
the estimated coefficients for each of the three models. Residuals were tested for normality with the
Shapiro-Wilk test. Then we selected the models showing the largest coefficients of determination
among the fitted models (best-fit) for each of the five sectors, provided that the residuals indicated
data normality. For the best-fit models, 95% confidence intervals were also calculated. With the best-fit
models, we predicted the total numbers of removable and non-removable individuals (difference
between the predicted total removable individuals and the already-removed individuals of the 1st
and/or the 2nd year), for the cohorts 2013 and 2014.

3. Results and Discussion

Size-frequency distributions of removed A. cf. solaris demonstrated abundance maxima for all
five sectors along the Onna coast over 13 years. The abundant size classes were consistently from
<15 cm to <25 cm for all sectors (Figure 2), indicating successive recruitments in the five sectors along
the Onna coast over many years [7,21]. Size class abundance data also demonstrate the importance of
larval recruitment in maintaining the A. cf. solaris population along the Onna coast.

Figure 2. Size-frequency distributions of Acanthaster cf. solaris for five sectors along the Onna
Coast, Okinawa, Japan, over 13 years. (a–m), Maeda; (n–z), Maeganeku; (A–M), Minami Onna;
(N–Z), Seragaki; (1–13), Afuso.
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Annual fluctuation in removed A. cf. solaris demonstrated a south-to-north change of sectors
of more abundant A. cf. solaris along the coast (Figure 2). Maeda (Figure 2a–m) and Maeganeku
(Figure 2n–z), the two most southern sectors, showed relatively high removal numbers in 2003 and a
gradual decrease until 2010, following this, there was another increase in 2011. Minami Onna showed
an abrupt decline from 2003 to 2004 and then a gradual increase to 2012 (Figure 2A–M). The numbers
of removed starfish at Seragaki (Figure 2N–Z) and Afuso (Figure 21–13) were relatively low until 2008,
followed by an increase from 2009. This pattern could be related to northeastward onshore currents
that prevail along the Onna coast during the A. cf. solaris larval dispersal period [22].

Removal data suggested the importance of juveniles for A. cf. solaris population maintenance
along the Onna coast. Based on the linear model, numbers of both <10 cm and <15 cm individuals
accurately predicted the total number of removable individuals belonging to a given cohort (Tables 1
and 2). However, the model, using only starfish <15 cm as an explanatory variable, was a better
model according to AIC (Tables 1 and 2). Using <15 cm individuals as an explanatory variable,
best-fit models were likely to differ among sectors, instead of having small differences in the coefficients
of determination (Tables 3 and 4, Figure 3 and Figure S1). The relationship between the number of
first year starfish and the total removable individuals belonging to a cohort in Afuso was optimally
fitted to the logarithmic model. At Seragaki, Maeganeku, and Maeda, the linear model provided the
best fit. Minami Onna was likely to be described by the exponential model. Small differences in the
coefficients of determination suggested a necessity for continuation of removal programs in order to
accumulate more data. Moreover, the present study demonstrated that we could predict the number
of removable individuals of A. cf. solaris in a certain area using a simple and low-cost calculation using
long-term removal size-class data.

Table 1. Parameter estimates of the predictive model for the total number of removable individuals
in the same cohort (first to third year individuals) as a function of the number of <10 cm individuals
designated as first-year Acanthaster cf. solaris removed at each sector along the Onna Coast, Japan.
AF = Afuso, MO = Minami Onna, MG = Maeganeku, MD = Maeda. p-value: significance level based
on t-value.

Estimate Std. Error t-value p-value

Intercept 1035 208.5 4.961 8.83 × 10−6

1st year class (<10 cm) 6.355 1.486 4.277 8.74 × 10−5

1st year class (<10 cm)_AF 14.81 2.321 6.384 5.98 × 10−8

1st year class (<10 cm)_MO −3.278 2.810 −1.167 0.249
1st year class (<10 cm)_MG −2.946 2.454 −1.201 0.236
1st year class (<10 cm)_MD −2.421 2.974 −0.814 0.420

AIC 948.1

Table 2. Parameter estimates of the predictive model for the total number of removable individuals
in the same cohort (first to third year individuals) as a function of the number of <15 cm individuals
designated as first-year Acanthaster cf. solaris removed at each sector along the Onna Coast, Japan.
AF = Afuso, MO = Minami Onna, MG = Maeganeku, MD = Maeda. p-value: significance level based
on t-value.

Estimate Std. Error t-value p-value

Intercept 637.4 161.6 3.943 25.5 × 10−5

1st year class (<15 cm) 1.680 0.243 6.927 8.61 × 10−9

1st year class (<15 cm)_AF 2.552 0.325 7.841 3.35 × 10−10

1st year class (<15 cm)_MO −0.475 0.493 −0.964 0.340
1st year class (<15 cm)_MG 0.267 0.475 0.562 0.577
1st year class (<15 cm)_MD 0.367 0.533 0.688 0.495

AIC 905.8
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Table 3. Coefficient of determination for three models for the five sectors along the Onna coast, Japan.
The largest values are in bold. n.a. indicates the model that did not ensure normality.

Sector
Models

Linear Logarithmic Exponential

Afuso n.a. 0.808 0.791
Seragaki 0.753 0.716 0.549

Minami Onna 0.720 0.687 0.723
Maeganeku 0.779 0.739 0.567

Maeda 0.911 0.897 0.783

Table 4. Best model for all sectors along the Onna coast for predicting total removable cohort (Y)
membership based upon the number of individuals <15 cm (X).

Sector Best Model

Afuso Y = 2218 log (X) − 8484
Seragaki Y = 1.615 X + 758.4

Minami Onna Y = 422.2 × 1.001x

Maeganeku Y = 1.955 X + 631.2
Maeda Y = 2.277 X + 470.0

Figure 3. Best-fit model with 95% confidence intervals for the relationship between the numbers of
removed individuals <15 cm and the total number of removed individuals in the same cohort of
Acanthaster cf. solaris for five sectors along the Onna coast, Okinawa, Japan. (a) Afuso; (b) Seragaki;
(c) Minami Onna; (d) Maeganeku; (e) Maeda.
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Using these models, the total predicted removable individuals (Figure S2) and the predicted
removable individuals that escaped removal were calculated for the cohorts 2013 and 2014 (Table 5).
There were potentially uncaptured individuals in the 2013 cohort in Afuso and Maeda after two years
of removal and in the 2014 cohort in all sectors after one year of removal. This implies that two years
of concerted eradication efforts might not be sufficient to eradicate A. cf. solaris in Afuso and Maeda.
According to the predictive models, control programs should allocate more effort in Maeda and
especially in Afuso, which might have relatively larger hiding places for A. cf. solaris from the OVFC
members than the other sectors. Indeed, the model predicted that as many as 6350 individuals from
the 2014 cohort could remain in Afuso (Table 5). Additionally, the area of removal in Afuso is about
238.8 ha, which suggests there could be 26.5 A. cf. solaris ha−1 in Afuso, exceeding the outbreak
criterion of 15 individuals ha−1 [23].

Table 5. The number of individuals that escaped removal, predicted from the best-fit models for the
cohorts 2013 and 2014 for five sectors along the Onna coast, Okinawa, Japan.

Sector
Number of Individuals that Escaped Removal

Cohort 2013 Cohort 2014

Afuso 577 6350
Seragaki 0 1315

Minami Onna 0 357
Maeganeku 0 1057

Maeda 508 644

The OVFC’s efforts enable the prediction of the number of uncaptured A. cf. solaris at each of
the five sectors along the Onna coast using predictive models. Therefore, the OVFC can plan how to
allocate removal efforts along the coast in order to further reduce the number of starfish in January
2016. The OVFC implemented a control program based on these models since January 2016 with the
main objective being to remove remaining adults before the July spawning season [24]. Such effort
could reduce successful fertilization in subsequent seasons and potentially control the number of
A. cf. solaris [14].

4. Conclusions

Predictive models based on long-term removal data could contribute to planning a strategic
management program for A. cf. solaris along the Onna coast. Our data suggest that simple models can
be applied to local control efforts. Five-centimeter size class data could be useful for selecting the best
predictive model. These models are useful as a rough standard for A. cf. solaris management programs,
and should facilitate budgetary planning for A. cf. solaris control.

Supplementary Materials: The following are available online at www.mdpi.com/1424-2818/8/4/24/s1,
Figure S1: Relationship between the numbers of individuals <15 cm and of total individuals in the same cohort of
Acanthaster cf. solaris for five sectors along the Onna coast, Okinawa, Japan, with three different models. Black line,
linear model; blue line, logarithmic model; red line, exponential model, Figure S2: Total removable individuals of
cohort 2013 (Red) and 2014 (Blue) predicted from the best-fit models for the relationship between the numbers of
individuals of <15 cm and total individuals in the same cohort of Acanthaster cf. solaris for five sectors along the
Onna coast, Okinawa, Japan with observed values (Grey).
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Abstract: Outbreaks of the crown-of-thorns starfish (Acanthaster cf. solaris, COTS) are one of the
primary causes of coral decline in the Indo-Pacific region. Effective methods to control COTS
outbreaks may therefore be one of the most direct and immediate ways to reduce coral loss.
However, the cost and logistical challenges associated with current control methods have undermined
the effectiveness of many control efforts. In this study, we tested the feasibility of using powdered
citric acid, which is widely available and low-cost, as an injection chemical for COTS control. We
tested what combination of concentration, number of injections, volume, and water type were most
efficient at killing COTS. All COTS injected in two or four sites died, irrespectively of the concentration
of citric acid used, while single injections failed at reaching 100% mortality. The fastest combination
was the injection of 150 g·L−1 citric acid solution in four injection sites (5 mL per site), which killed
the starfish in 26.4 ± 4 h. These results suggest that injections of powdered citric acid are an effective,
economical, and widely available alternative to current COTS control methods.

Keywords: COTS; outbreak; control methods; pest control; coral reefs; injections

1. Introduction

Periodic outbreaks of Acanthaster cf. solaris (crown-of-thorns starfish, COTS) represent one of the
single biggest threats to tropical coral reefs in the Indo-Pacific [1,2]. The corallivorous starfish can cause
extensive damage when present at outbreak densities on coral reefs. For example, a large outbreak
in Guam reduced live coral cover by more than 90% over a period of 2–3 years [3]. On Australia’s
Great Barrier Reef (GBR), mean live coral cover has halved between 1985 and 2012, and ~40% of that
coral loss is attributed to COTS [4,5]. Preventing and managing COTS outbreaks is therefore a major
priority for environmental science and resource management, and may be the most immediate and
effective mechanism to prevent ongoing coral loss across the Indo-Pacific [6]. Management of most
anthropogenic disturbances that threaten coral reefs (e.g., climate-induced disturbances and declining
water quality) require large-scale interventions and international policy changes [7]). In contrast,
management of localised outbreaks of COTS are potentially feasible and may significantly increase the
resilience of coral reef communities [5]. However, finding efficient, cheap, and safe methods that can
be applied at large scales and across developed and developing nations has proven challenging [8].

Historically, a wide range of methods have been employed to cull COTS [8], however, most have
been inefficient or damaging to the marine environment. Currently, large-scale control programs for
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COTS involve a single injection of a bile salt solution, which effectively kills COTS in less than 24 h [9,
10]. However, bile salts can be expensive, are only accessible through specialised suppliers, and carry
quarantine restrictions that impede international operations [11]. Thus, for many communities in
remote areas of the Indo-Pacific that experience recurrent COTS outbreaks, it can be difficult to
obtain bile salts. To overcome these challenges, recent research has been investigating the potential
use of alternate chemicals that are cheap, readily available, easy to deploy, safe to both the marine
environment and to humans, and equally efficient at killing COTS as bile salts. To date, injections
with cooking salt solution, vinegar, and lime juice have been demonstrated to be both lethal to COTS
and safe for the environment [12–17]. However, not all of these chemicals are viable for large-scale
control programs in remote coral reef regions. For instance, the high quantities of cooking salt and
limes required during extensive control programmes may be challenging to transport in remote
locations [16]. Limes are not readily available in all seasons nor in all locations, which may increase
their price. In addition, juice extraction is labour-intensive, adding labour costs to control programmes,
and the juice may deteriorate if not rapidly used [15]. Instead, this study examines the viability of
using powdered citric acid, which can be purchased locally from grocery stores, is inexpensive, readily
available, and has a long shelf life.

For a large-scale COTS control programme to be efficient, it is critical that any method employed
achieves 100% COTS mortality. Achieving complete mortality depends not only on the efficiency of
the injected chemical, but also on the technique used when administering the injection. Recent studies
have revealed the importance of the number of injections [12,15], the size of the needle [10,12], location
of injection site [10], and the volume or concentration injected [12,13,15,18]. For example, a single
injection of 20 mL of lime juice did not kill 100% of treated COTS, while splitting the volume between
two injection sites did [15]. Furthermore, a single 20 mL injection of vinegar with a 16-gauge (1.2 mm
inner diameter) needle resulted in 100% mortality, but using a 4 mm diameter needle reduced mortality
to 87% [12]. The ideal injection method hinges on finding the optimal combination of techniques,
using chemicals readily available in the local area.

The aim of this study was, therefore, to investigate the potential of using powdered citric acid as an
efficient and cost-effective method to cull COTS. To achieve this, we aimed to determine: (1) the lowest
effective concentration and number of injection sites needed to obtain 100% mortality, (2) the most
effective injection volume, and (3) the efficiency of untreated seawater compared to distilled water as
solvent for the citric acid solution. Finally, we compared the efficiency of citric acid injections to other
chemical products in order to provide management recommendations.

2. Materials and Methods

2.1. Collection Site and Maintenance Conditions

The study was carried out at Lizard Island (14◦40’S, 145◦28’E), Northern GBR, Queensland,
Australia in February 2015. Adult A. cf. solaris were collected from reefs around Lizard Island and
transported to Lizard Island Research Station in plastic aquaria (64 × 41 × 40 cm, max. 20 COTS per
aquaria) with aerators. Then, COTS were allowed to acclimatise for at least 24 h in two large aerated
holding tanks (160 cm diameter × 50 cm deep) with flow-through ambient seawater. Injured and weak
specimens were discarded. Specimens were then measured from the tip of one randomly selected arm
to the tip of the diametrically opposite arm (mean size 28.2 ± 0.4 cm SE) and placed individually in
aquaria (40 × 30 × 25 cm) with flow-through ambient seawater.

This study was conducted in accordance with James Cook University ethical guidelines and the
Queensland Animal Care and Protection Act 2001.

2.2. Experiment 1: Concentration and Number of Injection Sites

To test whether different concentrations and number of injection sites influenced the effectiveness
in killing COTS, we conducted a factorial experiment. We tested three different concentrations of citric
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acid in seawater solution (90, 120, and 150 g·L−1) crossed with three different numbers of injection
sites (one, two, and four injection sites, hereafter I.S.). Six replicate COTS were injected in each of the
nine treatment combinations (three citric acid concentrations × three injection site levels) using a total
of 54 individual COTS. In addition, five COTS per I.S. treatment level were injected with 20 mL of
seawater to control for the injection itself. All treatments were run simultaneously, except the three
90 g·L−1 treatments and the 4 I.S., 120 g·L−1 treatments, where COTS were injected in bunches of three
(each still in individual tanks). The second bunch was injected ~24 h after the first one to keep the start
of the experiment at a similar time of day, therefore minimizing any variation in water temperature.

A 16-gauge stainless steel needle mounted on a 25 mL disposable syringe was chosen to perform
the injection in order to minimise puncture size and leakage postinjection [12]. Injections were
performed at the base of the arms [10], targeting the hydrovascular system of the starfish [19].
Single injections were administered at a randomly selected arm, double injections at opposing arms,
and four injections in different quartiles. For each treatment, a total of 20 mL of solution was evenly
split between injection sites (one I.S. treatment = 20 mL injected in one arm, two I.S. treatments = 10 mL
per arm, and four I.S. treatments = 5 mL per arm).

The temporal progression of the treatments was recorded every 4 h (three observations per day)
for up to one week or until death. The clinical signs recorded were: (1) no response vs hyperactivity,
(2) matting of spines, (3) swelling and loss of turgor, (4) appearance and increased production of mucus,
(5) appearance of bacterial films, (6) loss of any arms or splitting, (7) immobility, and (8) death [cf. 9].
The primary response variables measured were mortality, time to immobility, and time to death, also
recorded every 4 h (three observations per day). Immobility was defined as the inability to cling to the
walls of the tank or move [12], while death was determined when all tube feet completely stopped
moving [10,20,21]. Time to immobility was recorded because it represents the ecological death of the
starfish, due to their inability to feed when immobile. In some cases, time to death was delayed by up
to 38 h past the time of immobility as individual tube feet remained motile.

2.3. Experiment 2: Volume

A second experiment was performed to evaluate whether increasing the injected volume could
improve the efficacy of the single injection method in achieving 100% mortality. Here, six COTS were
injected with 30 mL of 120 g·L−1 solution via two simultaneous injections at the base of one arm.
Injections of 15 mL of solution from two syringes were performed simultaneously, with the needles
held approximately 5 mm apart (considered one I.S.). Two needles were needed to accommodate
the increased volume, as larger syringes were not readily available. A maximum of 30 mL was used,
as it is the capacity of the most commonly used gun used in the field to inject sodium bisulphate and
bile salts [10]. The effect of 30 mL injections on mortality, time to immobility, and time to death was
compared to the effect of 20 mL injections of 120 g·L−1 at one I.S. (performed in Experiment 1).

2.4. Experiment 3: Seawater vs Distilled Water

To compare the effect of the solvent on citric acid efficacy, we compared COTS mortality and
response times when using seawater as the solvent versus distilled water. Distilled water was used to
test whether a hypoosmotic reaction induced by low salinity and lower pH of the solvent would have
increased the efficacy of the citric acid solution, increased percentage of mortality, and/or reduced
time to immobility or to death. Distilled water was expected to induce an osmotic shock in COTS
tissues, thereby increasing the efficiency of the citric acid injections, in two ways. First, by accentuating
acidosis, because distilled water (pH 7.0) is less alkaline than seawater (pH 7.5–8.4) and should lower
COTS coelomic pH after citric acid injection. Second, by causing a hypoosmotic shock, because COTS
are unable to tolerate drastic changes in internal salinity or osmotic pressure [13,16]. Distilled water
was used as the solvent in one treatment (one I.S., 20 mL of 120 g·L−1 citric acid solution) repeated on
six individuals. The effect of distilled water on mortality, time to immobility, and time to death was
compared to the effect of 20 mL injections of 120 g·L−1 at one I.S. (performed in Experiment 1).

260



Diversity 2016, 8, 28

2.5. Statistical Analysis

For Experiment 1, differences between times to immobility and to death were analysed using
two-way fixed factor analysis of covariance (ANCOVAs). Because only treatments that reached
100% mortality were included in these models, none of the single injection site treatments were included
in the statistical tests for Experiment 1. Additionally, for the 150 g·L−1, 4 I.S., 20 mL seawater treatment,
specific hours of immobility and death were not attained because all COTS reached immobility and
died overnight. Therefore, death was assumed to have occurred at the same time as immobility,
and both times were scored at the following morning observation. For all analyses, assumptions of
normality among residuals were analysed using the Shapiro–Wilk test (time to immobility: W = 0.787,
p < 0.001; time to death: W = 0. 772, p < 0.001). Homogeneities of variances between concentrations
and number of injection sites were analysed with Levene’s test. Time to immobility and to death
measurements were subsequently log transformed to meet assumptions of normality: log(time to
immobility): W = 0.958, p = 0.317; log(time to death): W = 0.950, p = 0.118. The dependent variables
were time to immobility and to death (hours), analysed separately, and the independent fixed factors
were the concentrations of the solution (three levels: 90, 120, 150 g·L−1) and the number of injection
sites (two levels: two and four I.S.). To control for the effect of body size, we used the diameter of the
starfish as covariate. Because the interaction terms among size, concentration, and number of injection
sites were not significant for time to immobility and to death, the full models were rerun without
the interaction terms to increase the power of the tests. Tukey’s post hoc tests were used to analyse
statistical differences between concentration groups and I.S. treatments.

For Experiments 2 and 3, differences between times to immobility and to death
(dependent variables) were analysed separately using one-way ANCOVAs with volume and water type
as independent fixed parameters, while using the diameter of the starfish as covariate. Assumptions of
normality were analysed with the Shapiro–Wilk test of normality (Experiment 2, time to immobility:
W = 0.978, p = 0.954, time to death: W = 0.901, p = 0.226; Experiment 3, time to immobility:
W = 0.876, p = 0.144, time to death: W = 0 .878, p = 0.152) and homogeneity of variances were
analysed with Levene’s tests. No transformations were required. Because the interaction terms
between size and volume and size and water type were not significant for time to immobility and
to death, the full models were rerun without the interaction terms to increase the power of the tests.
Statistical analyses were conducted using TIBCO Spotfire S+® 8.2 Programmer's Guide, TIBCO Software
Inc. (Palo Alto, CA, United States) Technical Support.

3. Results

3.1. Experiment 1: Concentration and Number of Injection Sites

All treatments using either two or four injection sites had 100% mortality, regardless of the
citric acid concentration (Figure 1) or of COTS size (Table 1). Concentration significantly affected
time to immobility (Table 1), with the 120 g·L−1 treatments being almost twice as fast (32.2 ± 8.2 h
SEM) than the 90 g·L−1 treatments (69.9 ± 18.7 h). In contrast, the concentration of citric acid did
not have a significant impact on time to death (Table 1), although the 150 g·L−1 treatments were,
on average, 1.8 times faster than the 90 g·L−1 ones (respectively, 46.8 ± 7.4 h and 84.4 ± 18.7 h).
Time to death was instead significantly affected by the number of injection sites (Table 1), as COTS
with more injections died faster. On average, four injections halved the time to death compared to
two injections (44.1 ± 6.7 h and 79.2 ± 12.1 h, respectively). In contrast, time to immobility was not
affected by number of injection sites (Table 1), although four injections immobilised COTS twice as
fast as two injections (respectively, 32.8 ± 6.2 h and 59.6 ± 12.8 h). The 150 g·L−1, four I.S. treatment
was the quickest overall at killing COTS (26.4 ± 4 h), and was 4.3 times faster than the 90 g·L−1,
double injection. The latter was the slowest treatment that still achieved 100% mortality and took
112.8 ± 31.8 h (Figure 1).
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Figure 1. The effects of citric acid concentration and the number of injections. Mean time to immobility
( ) and to death ( ) ± standard error for Acanthaster cf. solaris injected with 20 mL of citric acid and
seawater solution at concentrations of 90, 120, and 150 g·L−1 in one (i), two (ii) and four (iii) injection
sites (I.S.). Numbers above bars represent total percent mortality; where no numbers are shown,
mortality was equal to 100%. For the 150 g·L−1, 4 I.S. treatment, time to immobility was assumed to
equal time to death ( ). Six replicates per treatment combination were used. Letter notations above
bars (a, b, c) indicate Tukey’s post-hoc groupings between injection site treatments and concentrations
for time to death. Different letters indicate significant differences among treatments.

When a single injection was administered, mortality depended on the concentration used.
At 90 and 120 g·L−1, mortality was 83% (five out of six starfish died), while at 150 g·L−1 mortality
decreased to 33% (only two out of six starfish died, Figure 1). However, increasing the concentration
reduced time to immobility by 5-fold and time to death 4-fold. At 90 g·L−1, COTS were immobile in
182.8 ± 47.1 h and died in 200 ± 50 h, while at 150 g·L−1 they were immobile in 35 ± 8.5 h and died
in ~50 h.

Behaviour and Macroscopic Progression

Immediately after injection with citric acid, COTS showed symptoms of stress through
hyperactivity, swelling, and increased mucus production. Approximately one day after injection,
mucus production, matting of the spines, and localised necrosis on at least one arm were common
symptoms. Additionally, many specimens, particularly those treated with higher concentrations,
were already partly immobile or dead and others had split in half or thirds. In some cases,
tissue decomposition progressed over the central disc, exposing internal organs. After two days,
the first dense colonies of bacteria started forming, creating orange-red films around decomposing
parts of COTS. Matting of the spines was usually body-wide, and some spines had been dropped or
were bleached. Starfish motility was usually very low, with most animals completely immobile or
dead. Three to four days after injection, tissue necrosis and bacterial decomposition progressed. By this
time, most COTS were considered unrecoverable, completely immobile, or dead. However, in some
cases where the starfish had split, one half was completely dead and decomposing while the other
half, or a few roaming arms, remained alive for up to 10 d postinjection, before eventually dying.
These individuals (eight) were scored as survivors in our analyses, because they were still alive during
the observation period.

3.2. Experiment 2: Volume

Increasing the volume of citric acid solution from 20 to 30 mL did not increase the percentage of
mortality in the starfish injected once with the 120 g·L−1 solution, which remained at 83% (five out of
six COTS died in both treatments) (Figure 2). However, increasing the volume accelerated the mean
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time to immobility by around ~20%, from 43.8 ± 10.3 h (20 mL) to 37.2 ± 10.1 h (30 mL), although this
difference was not statistically significant (Table 1). Time to death was also not significantly affected by
changes in the injected volume (Table 1), although higher volumes resulted in a 27% decrease in time
to death, passing from 60.7 ± 10.3 h (20 mL) to 47.8 ± 9.3 h (30 mL) (Figure 2).

Figure 2. The effect of volume on response to citric acid injections. Mean time to immobility ( ) and to
death ( ) ± standard error for Acanthaster cf. solaris injected in one site with either 20 mL or 30 mL of
120 g·L−1 citric acid and seawater solution. Numbers above bars represent total percent mortality for
each treatment. Six replicates per treatment were used.

3.3. Experiment 3: Water Type

Seawater appeared to be a better solvent than distilled water, as it resulted in (1) higher mortality
and (2) ~30% reduction in time to immobility and to death, although these differences were not
significant (Figure 3, Table 1). Seawater killed five out of six COTS (or 83%), while distilled water
only killed four out of six COTS (or 67%). Additionally, the seawater treatment caused immobility in
43.8 ± 10.3 h, while the distilled water solvent took 59.4 ± 22.5 h (Figure 3). Similarly, COTS injected
with seawater solution died in 60.7 ± 10.3 h, while those injected with the distilled water solution died
in 77.8 ± 22.6 h.

Figure 3. The effect of solvent on responses to citric acid injections. Mean time to immobility ( ) and
to death ( ) ± standard error for Acanthaster cf. solaris injected in one site with 20 mL of 120 g·L−1

citric acid and either seawater or distilled water solution. Numbers above bars represent total percent
mortality for each treatment. Six replicates per treatment were used.
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Table 1. Results of the analysis of covariance (ANCOVA) on time to immobility and to death for
Acanthaster cf. solaris injected with citric acid. Experiment 1 tests the response to acid concentration
(90, 120, or 150 g·L−1) and number of injection sites (two or four). Experiment 2 tests the effect of
injection volume (20 mL or 30 mL). Experiment 3 tests the effect of distilled water or seawater as solvent
for the citric acid. Body diameter was used as covariate in all models. Data for Experiment 1 were log
transformed. * indicates significance at P < 0.05.

Source DF SS MS F P

Experiment 1: two-way ANCOVA
Log(Time to Immobility)

Size 1 0.20 0.20 0.18 0.677
Concentration 2 8.94 4.47 3.91 0.031 *
Injection sites 1 1.74 1.74 1.53 0.226

Error 30 34.23 1.14

Log(Time to Death)
Size 1 0.01 0.01 0.02 0.882

Concentration 2 1.35 0.68 2.49 0.100
Injection sites 1 2.82 2.82 10.37 0.003 *

Error 30 8.16 0.27

Experiment 2: one-way ANCOVA
Time to Immobility

Size 1 196.60 196.60 0.34 0.579
Volume 1 23.44 23.44 0.04 0.847

Error 7 4070.46 581.49

Time to Death
Size 1 709.08 709.08 1.43 0.270

Volume 1 96.74 96.74 0.20 0.671
Error 7 3454.80 493.54

Experiment 3: one-way ANCOVA
Time to Immobility

Size 1 61.44 61.44 0.05 0.836
Water type 1 800.55 800.55 0.61 0.465

Error 6 7878.63 1313.11

Time to Death
Size 1 367.11 367.11 0.30 0.603

Water type 1 1241.10 1241.10 1.01 0.352
Error 6 7333.14 1222.19

4. Discussion

This study demonstrated that injections of citric acid powder and seawater solution represent
an efficient, economical, and easy-to-use method to cull crown-of-thorns starfish (COTS). We found
that injecting 20 mL of seawater and citric acid powder at a concentration of 90–150 g·L−1 in two or
four opposing arms effectively kills 100% of COTS, with times to death comparable to that of bile salts,
vinegar, and lime juice (Table 2). Although time to death was higher for the two injections method
(~58 h, [120 g·L−1 citric acid) compared to four (~26 h, [150 g·L−1 citric acid]), we argue that the
reduced handling time makes the two injections method the most cost and time effective for operations
in the field.

Mortality rates were significantly affected by both the number of injections and the concentration
used. Indeed, for the single injection treatments, increasing the concentration from 90–120 g·L−1 to
150 g·L−1 reduced mortality from 83% to 33%. This concentration-related decrease in mortality may
have occurred because the high localised dose of acid induced rapid, local necrosis of the injected
area, with consequent loss of one or more arms, while the rest of the body survived. In contrast,
all the multiple injection treatments reached 100% mortality, regardless of the concentration used,
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perhaps because the acidic solution was more evenly spread throughout the starfishes’ bodies.
While the precision of mortality rates within each of our treatments is quite low (with six replicates,
the error is 1/6 or 16.6%) multiple injections were conclusively effective at culling all COTS thus
treated. All 36 specimens treated with multiple injections died (18 double and 18 quadruple injections,
with a combined sampling error for multiple injections of 5.5%).

For the treatments that reached 100% mortality (double and quadruple injections), time to
immobility significantly decreased with increasing concentration, dropping from 70 ± 19 h for
the 90 g·L−1 to 37 ± 5 h for the 150 g·L−1 solution. Contrarily, time to death was not affected by
concentration, but by the number of injections: four injections halved the time to death compared to
two (respectively, 44 ± 7 h and 79 ± 12 h). However, due to the low number of replications for each
treatment in this study, specific times to immobility and to death should only be used as guidelines for
which is the most effective (fastest) method, and not as accurate indicators of true times to immobility
and to death.

Another determinant factor affecting times to immobility and to death in this study was the
incredible resistance of some roaming arms, which in some cases survived for up to 10 days postinjection.
However, although COTS can regenerate from extensive tissue loss [22,23], it is unlikely that these
roaming parts would have caused further coral loss, because of the absence of central disc and pyloric
caeca, and the increased predation caused by chemoattraction of predators to injured COTS [24,25].
Therefore, we consider the lag time in reaching death, found herein, to be inconsequential.

Because none of the single injection treatments of Experiment 1 reached 100% mortality, we
evaluated whether using distilled water as solvent or increasing the injected volume could improve
the efficiency of citric acid single injections. Distilled water was expected to induce an osmotic
shock in COTS tissues, thus increasing the efficiency of the citric acid injections. On the contrary,
it reduced mortality and slowed time to immobility and to death. This may have happened because
the hypoosmotic conditions caused by distilled water activated the opening of the water vascular
system in attempt to restore the physiological osmolarity [26], leading to the exchange of water
with the environment and consequently flushing out the citric acid. In contrast, COTS injected with
seawater may not have had the possibility of doing so, lacking the hypoosmotic triggering factor.
Therefore, we argue that distilled water should not be used as a solvent for the citric acid injections.
Similarly, increasing the volume of a single injection of citric acid from 20 to 30 mL did not increase the
percent mortality, although it moderately reduced time to immobility and to death. Likewise, a single
injection of 10, 15, and 20 mL of lime juice failed to achieve 100% mortality and is therefore not an
effective method to cull COTS [15]. We conclude that single injections of citric acid should not be
performed on COTS in the field, given that mortality with single injection methods only reached 83%.

COTS death by citric acid injections is most likely induced by chronic pH stress caused by the
low pH of the solution injected, which ranged between ~1.6 and 1.7. Similar mechanisms of death
were proposed for vinegar (pH 2.2) and lime juice (pH 1.8) [12,15]. Indeed, echinoderms are poor
acid–base regulators [27], and citric acid, like acetic acid, is both water-soluble and lipid-soluble, so it
can easily perfuse into COTS tissues, where the low tissue pH causes protein degeneration and tissue
necrosis [12,17].

This study showed that injection with citric acid is an efficient way of culling COTS, and thus of
potentially controlling localised outbreaks. But why should this method be used over other current
alternatives like sodium bisulphate, bile and cooking salts, vinegar, or lime juice? Compared to
the single injection of bile salts [10] and vinegar [12], this method may be slightly more time
consuming, because, from the data available, at least two injections per starfish are required to achieve
100% mortality. Nevertheless, citric acid has several characteristics that make it a valid alternative
to those control methods (Table 2). First, compared to both sodium bisulphate and bile salts, it is
generally available for purchase from a variety of stores. Indeed, rapid intervention, which is crucial to
the successful control initiatives against COTS outbreaks [1,28,29], is possible only with a reliable and
easy access to the chemical product. However, due to quarantine restrictions and high importation
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cost, bile salts may be inaccessible for some remote island communities that experience recurrent
COTS outbreaks throughout the Indo-Pacific. Secondly, citric acid has a favourable ecological profile
(compared, for example, to sodium bisulphate) and is unlikely to accumulate in soil or sediment, as it
is rapidly degraded by naturally occurring bacteria [30–32]. Additionally, predators feeding upon
decomposing COTS would not be expected to suffer from ingestion of acidic tissues. Investigations
on the environmental side effects of similar natural acidic products (lime juice and vinegar) have
found no evidence of an impact on other marine organisms [12,15,17]. Third, in contrast to vinegar
and lime juice, citric acid is easily transportable as a lightweight powder which can be mixed on
site with seawater, reducing transportation costs and volumes on land. It also has a long shelf life,
allowing storage in remote areas where fresh citrus juice may not be available or rapidly deteriorate.
Additionally, compared to extracting juice from fresh limes, using powdered citric acid is far less
labour intensive and more readily available (limes are seasonal and their price can vary greatly).

Until effective measures to prevent COTS outbreaks are found, having a collective workforce
and/or volunteers “adopt a reef” may be the most efficient way of deploying COTS treatments and
thereby preventing further mass coral predation. However, some important considerations need to be
made. Firstly, permits need to be obtained from relevant local authorities. Secondly, safety guidelines
for operators are needed to avoid spiking hazards from COTS spines and syringe needles,
and for correct handling of citric acid powder to avoid skin, eye, and respiratory inflammations.
Thirdly, further studies should aim at developing a single injection protocol for citric acid and
investigate the efficiencies of injecting citric acid in different parts of COTS bodies (i.e., distal and
medial portion of the arm and central disc). Finally, considering that the objective of COTS control
programmes is prevention of extensive coral mortality and not the eradication of the species, injections
should be carried out only if more than four to five COTS are counted during a 15 min swim, considered
active outbreaking density [11]. If an outbreak is identified, citric acid solution [~90–150 g·L−1] can be
easily prepared by mixing the solid powder with seawater; 20 mL of solution can then be administered
with double or quadruple injections using any syringe attached to a veterinary 16 Ga × 1/2” needle,
both easily available from any chemist store. It is important to note, however, that we caution against
the use of citric acid until large-scale field trials have been undertaken. Citric acid is a promising
alternative to existing COTS control techniques due to the ease of access, transport, storage, handling,
and delivery compared to current methods. As such, it provides a new option to combat COTS
outbreaks that is especially useful in remote locations and developing countries.
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