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Enzyme Catalysis: Advances, Techniques, and Outlooks

In Jung Kim

Division of Plant Biosciences, School of Applied Biosciences, College of Agriculture and Life Science,
Kyungpook National University, Daegu 41566, Korea; ij0308@knu.ac.kr; Tel.: +82-53-950-6654

Biocatalysis using enzymes is a powerful strategy that can be employed in a variety of
industries for the production of biofuel, biochemicals, pharmaceuticals, and foods, etc. [1].
Compared with the chemical method, enzyme catalyst is considered as an eco-friendly and
more selective tool, facilitating a sustainable and circular economy. Enzymes possessing
high catalytic efficiency, stability to harsh conditions (i.e., heat, extreme pH, and high
salinity), and desired substrate specificity are considered to be process-compatible. To
discover such robust enzymes, various technologies of bioinformatics, machine learning,
protein engineering, and high-throughput screening (HTS) have been developed [2]. With
the aid of those cutting edge technologies, it is more readily achievable to discover and
develop novel and superior enzymes. Noteworthy, Frances Arnold’s award of the Nobel
Prize in 2018 for protein engineering facilitates the scaled-up applications of enzyme
in industries.

This Special Issue “Enzyme Catalysis: Advances, Techniques, and Outlooks” aimed
to contribute to the advancement of related fields by covering broad subjects and tech-
nological developments on industrially relevant enzymes, such as sugar isomerase (i.e.,
gluose/fucose isomerase, lysozyme, protease, and cytochrome P450. Under this Special
Issue, a total of six papers were published, comprising five original research papers and
one review paper.

Cytochrome P450 is considered as industrially useful biocatalyst due to its versatil-
ity [3]. Nguyen et al. reported an efficient enzymatic strategy using bacterial CYP102A1
peroxidase for the synthesis of 4-OH atorvastatin from atorvastatin, which is the key hu-
man metabolite having a beneficial effect on cardiovascular disease and hyperlipidemia [4].
Specifically, a superior mutant of CYP102A1 was obtained with a catalytic efficiency of 1.8
min−1 with an aid of HTS and enzyme characterization. This approach was conducted in
the presence of hydrogen peroxide but without NADPH, which was further discussed on
its advantage over NADPH-requiring monooxygenase.

The Michaelis–Menten equation is routinely used for the investigation of enzyme
kinetics. However, when the reaction product acts as the inhibitor, this conventional model
does not necessarily reflect the enzyme’s actual behaviors, causing a misinterpretation.
For reliability, Fernandes et al. developed a robust methodology based on an integrated
Michaelis–Menten equation (IMME) [5], which could be helpful for the investigation of
enzymes such as the well-known β-glucosidase, often encountering end-product inhibition
(i.e., glucose) [6].

Zhang et al. developed a more efficient detergent than commercial ones by preparing
for in-house blends composed of different proteases (i.e., alkaline protease, keratinase, and
trypsin) combined with detergent additives including surfactants, anti-redeposition agents,
and water-softening agents [7]. During the process, various approaches, such as whiteness
determination, microscope scanning, Fourier transform infrared spectroscopy, and X-ray
photoelectron spectroscopy were used to assess the cleaning efficiency.

Sugar isomerase is a class of enzymes that mediate the interconversion of sugar isomers
in a reversible manner. With its broad substrate scope, this enzyme has wide applications
in food/beverage, pharmaceutical/medicinal, and beauty industries [8].

Appl. Sci. 2022, 12, 8036. https://doi.org/10.3390/app12168036 https://www.mdpi.com/journal/applsci1
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The well-recognized glucose isomerase (GI), which is involved in catalyzing the
reaction between D-glucose and D-fructose, and D-xylose and D-xylulose has already been
commercially available for the production of high-fructose corn syrup. Recognizing the
significant role of the enzyme both in academic and industrial sectors, Nam presented
an overview of the functions, structure, and applications of GI with a focus on structural
insight into the metal-binding site and interaction with the inhibitor [9].

Extremozymes are capable of maintaining their functions even in harsh conditions,
such as high temperature/salinity and extreme pH levels, and are thus considered desirable
for industrial application. In this regard, Kim et al. reported a unique L-fucose isomerase
from the polyextremophile Halothermothrix orenii (HoFucI) that exhibits both halo- and
thermophilicities when synthesizing L-fucose from L-fuculose. Such a robustness offers a
great advantage for the L-fucose isomerase-mediated production of rare sugars [10].

Lysozyme, a glycoside hydrolase that breaks down the peptidoglycan, the major
cell wall component of microorganisms, is a natural antimicrobial agent. Nam reported
three forms of crystal structure of human lysozyme: one native and two N-acetyl-α-D-
glucosamine-complexed configurations, providing an insight into the mechanism by which
lysozyme recognizes sugar molecules when involved in the immune responses to microbial
infections [11].

Overall, this Special Issue detailed wide applications of industrially useful enzymes
with excellent experimental data and improved their methodology in addition to providing
state-of-the art reviews on their technological advances. I, as the guest editor, am sincerely
grateful for all the efforts from the authors, reviewers, editors, and staff of the editorial
office of Applied Sciences for their work in successfully completing this Special Issue.

Funding: This work was funded by the National Research Foundation of Korea (NRF) (NRF-
2020R1A6A3A03039153 and NRF-2022R1I1A1A01072158).

Conflicts of Interest: The authors declare no conflict of interest.

References

1. Wu, S.; Snajdrova, R.; Moore, J.C.; Baldenius, K.; Bornscheuer, U.T. Biocatalysis: Enzymatic synthesis for industrial applications.
Angew. Chem. Int. Ed. 2021, 60, 88–119. [CrossRef] [PubMed]

2. Yi, D.; Bayer, T.; Badenhorst, C.P.S.; Wu, S.; Doerr, M.; Höhne, M.; Bornscheuer, U.T. Recent trends in biocatalysis. Chem. Soc. Rev.
2021, 50, 8003–8049. [CrossRef] [PubMed]

3. Grobe, S.; Badenhorst, C.P.S.; Bayer, T.; Hamnevik, E.; Wu, S.; Grathwol, C.W.; Link, A.; Koban, S.; Brundiek, H.;
Großjohann, B.; et al. Engineering regioselectivity of a P450 monooxygenase enables the synthesis of ursodeoxycholic
acid via 7β-hydroxylation of lithocholic acid. Angew. Chem. Int. Ed. 2021, 60, 753–757. [CrossRef] [PubMed]

4. Nguyen, T.H.; Yeom, S.-J.; Yun, C.-H. Production of a human metabolite of atorvastatin by bacterial CYP102A1 peroxygenase.
Appl. Sci. 2021, 11, 603. [CrossRef]

5. Fernandes, J.M.C.; Dias, A.A.; Bezerra, R.M.F. Kinetic analysis misinterpretations due to the occurrence of enzyme inhibition
by reaction product: Comparison between initial velocities and reaction time course methodologies. Appl. Sci. 2022, 12, 102.
[CrossRef]

6. Kim, I.J.; Bornscheuer, U.T.; Nam, K.H. Biochemical and structural analysis of a glucose-tolerant β-glucosidase from the
hemicellulose-degrading Thermoanaerobacterium saccharolyticum. Molecules 2022, 27, 290. [CrossRef] [PubMed]

7. Zhang, W.; Wu, J.; Xiao, J.; Zhu, M.; Yang, H. Compatibility and washing performance of compound protease detergent. Appl. Sci.
2022, 12, 150. [CrossRef]

8. Kim, I.J.; Kim, D.H.; Nam, K.H.; Kim, K.H. Enzymatic synthesis of L-fucose from L-fuculose using a fucose isomerase from
Raoultella sp. and the biochemical and structural analyses of the enzyme. Biotechnol. Biofuels 2019, 12, 282. [CrossRef] [PubMed]

9. Nam, K.H. Glucose isomerase: Functions, structures, and applications. Appl. Sci. 2022, 12, 428. [CrossRef]
10. Kim, I.J.; Kim, K.H. L-Fucose synthesis using a halo- and thermophilic L-fucose isomerase from polyextremophilic Halothermothrix

orenii. Appl. Sci. 2022, 12, 4029. [CrossRef]
11. Nam, K.H. Crystal structure of human lysozyme complexed with N-acetyl-α-D-glucosamine. Appl. Sci. 2022, 12, 4363. [CrossRef]

2



Appl. Sci. 2022, 12, 8036

Short Biography of Author

Dr. In Jung Kim performed her Ph.D. research in Food Bioscience and Technology at the University of Korea in South
Korea (2008–2014) on a project about enzymatic saccharification of lignocellulosic biomass. After a 5-year postdoctoral
research at the University of Korea (2015–2019) on a project about biosynthesis of rare sugars and their source, she did
her overseas postdoctoral research in at the University of Greifswald in Germany (2020–2021) to perform the project
on biotechnological production of aroma compounds. Currently, she is a research professor at Kyungpook National
University in Korea.

3





applied  
sciences

Article

Production of a Human Metabolite of Atorvastatin by Bacterial
CYP102A1 Peroxygenase

Thi Huong Ha Nguyen 1,2, Soo-Jin Yeom 1,2 and Chul-Ho Yun 1,2,*

Citation: Nguyen, T.H.H.; Yeom,

S.-J.; Yun, C.-H. Production of a

Human Metabolite of Atorvastatin by

Bacterial CYP102A1 Peroxygenase.

Appl. Sci. 2021, 11, 603.

https://doi.org/10.3390/app11020603

Received: 30 November 2020

Accepted: 7 January 2021

Published: 10 January 2021

Publisher’s Note: MDPI stays neu-

tral with regard to jurisdictional clai-

ms in published maps and institutio-

nal affiliations.

Copyright: © 2021 by the authors. Li-

censee MDPI, Basel, Switzerland.

This article is an open access article

distributed under the terms and con-

ditions of the Creative Commons At-

tribution (CC BY) license (https://

creativecommons.org/licenses/by/

4.0/).

1 School of Biological Sciences and Biotechnology, Graduate School, Chonnam National University,
Yongbong-ro 77, Gwangju 61186, Korea; 177597@jnu.ac.kr (T.H.H.N.); soojin258@chonnam.ac.kr (S.-J.Y.)

2 School of Biological Sciences and Technology, Chonnam National University, Yongbong-ro 77,
Gwangju 61186, Korea

* Correspondence: chyun@jnu.ac.kr; Tel.: +82-62-530-2194

Featured Application: The peroxygenase activity of CYP102A1 can be used to prepare atorvas-

tatin drug metabolites and possibly other drugs for biotechnological applications.

Abstract: Atorvastatin is a widely used statin drug that prevents cardiovascular disease and treats
hyperlipidemia. The major metabolites in humans are 2-OH and 4-OH atorvastatin, which are
active metabolites known to show highly inhibiting effects on 3-hydroxy-3-methylglutaryl-CoA
reductase activity. Producing the hydroxylated metabolites by biocatalysts using enzymes and
whole-cell biotransformation is more desirable than chemical synthesis. It is more eco-friendly and
can increase the yield of desired products. In this study, we have found an enzymatic strategy
of P450 enzymes for highly efficient synthesis of the 4-OH atorvastatin, which is an expensive
commercial product, by using bacterial CYP102A1 peroxygenase activity with hydrogen peroxide
without NADPH. We obtained a set of CYP102A1 mutants with high catalytic activity toward
atorvastatin using enzyme library generation, high-throughput screening of highly active mutants,
and enzymatic characterization of the mutants. In the hydrogen peroxide supported reactions, a
mutant, with nine changed amino acid residues compared to a wild-type among tested mutants,
showed the highest catalytic activity of atorvastatin 4-hydroxylation (1.8 min−1). This result shows
that CYP102A1 can catalyze atorvastatin 4-hydroxylation by peroxide-dependent oxidation with
high catalytic activity. The advantages of CYP102A1 peroxygenase activity over NADPH-supported
monooxygenase activity are discussed. Taken together, we suggest that the P450 peroxygenase
activity can be used to produce drugs’ metabolites for further studies of their efficacy and safety.

Keywords: CYP102A1; atorvastatin; 4-hydroxy atorvastatin; hydrogen peroxide; P450 peroxyge-
nase; NADPH

1. Introduction

Atorvastatin is a cholesterol-lowering drug widely used in treating hypercholes-
terolemia and preventing cardiovascular disease [1,2]. This statin drug inhibits 3-hydroxy-
3-methyl-glutaryl-coenzyme A (HMG-CoA) reductase activity, which catalyzes the rate-
limiting step in cholesterol biosynthesis [3]. The atorvastatin can be hydroxylated to 2-OH
and 4-OH atorvastatin by cytochrome P450 (CYP or P450) enzyme, CYP3A4, in the human
liver [4] (Figure 1, Figure S1). Along with this, atorvastatin’s hydroxylated metabolites
have been reported as active metabolites. Among statin drugs, only the atorvastatin has
metabolites that can inhibit HMG-CoA reductase equipotent to that of the parent drug [5].
About 70% of the HMG-CoA reductase inhibition achieved with atorvastatin has been
observed with its 2-OH and 4-OH atorvastatin [6]. In addition, these two active metabolites
have higher efficacy in lowering LDL (low-density lipoprotein) cholesterol when com-
pared with other statins [7]. However, systematic studies have not been performed on the

Appl. Sci. 2021, 11, 603. https://doi.org/10.3390/app11020603 https://www.mdpi.com/journal/applsci5
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safety, efficacy, and toxicity of these metabolites, although the metabolites can contribute to
atorvastatin’s cholesterol-lowering effect.

Figure 1. Chemical structures of atorvastatin and its metabolites, 2-OH and 4-OH atorvastatin. The
metabolites are made in the human liver by CYP3A4. Bacterial CYP102A1 mutants can make only
one metabolite, 4-OH atorvastatin.

During the drug development process, which is guided by the U.S. Food and Drug
Administration (FDA), the drug metabolites in safety testing (MIST) should be separated
to evaluate the safety testing and drug toxicity [8,9]. Although chemical synthesis methods
can prepare some drug metabolites of concern, other metabolites such as chiral compounds
may not be easily prepared by these methods. Those metabolites can be synthesized
by P450 enzymes, including human P450s [10]. Particularly, the CYP102A1 (P450 BM3)
from Bacillus megaterium demonstrated as a possible biocatalyst for producing human
metabolites, which could be useful in fine-chemical biosynthesis and the pharmaceutical
fields [11,12]. The CYP102A1 mutants, with new or enhanced catalytic activities toward
drugs, could be created by site-directed mutagenesis, random mutagenesis, and rational
design [13]. The CYP102A1 was also proposed for industrial application as a potential
monooxygenase with high catalytic activities and stabilities [11,14].

The P450s’ typical function is to catalyze the oxidation of a wide range of physiological
substrates and foreign chemicals. P450s reductively activate molecular oxygen (O2) by
using two electrons transferred to P450s by NAD(P)H via P450 reductase (CPR) [15]. Other-
wise, hydrogen peroxide (H2O2) can be used as an oxidant for oxygen activation of P450s
via the peroxide shunt pathway [16]. Using peroxides is interesting for monooxygenation
reactions catalyzed by P450s as the reaction does not require an electron transfer partner
and cofactor NAD(P)H. The low-cost H2O2 can lead to using the P450 peroxygenase in
industrial-scale synthesis [17].

Reports found that some of the CYP102A1 mutants obtained via random mutagenesis
could catalyze regioselective hydroxylation of atorvastatin to produce 4-OH atorvastatin,
which is one of two of the major metabolites in humans, by NADPH-dependent CYP102A1
catalyzed reaction [12] (Figure 1). In this work, we examined the peroxygenase activity
of CYP102A1 mutants in having high atorvastatin 4-hydroxylation activity supported by
H2O2 and compared this to the mutants’ activities supported by the NADPH regeneration
system. We found that the peroxygenase activity of CYP102A1 can be used as a biocatalyst
to catalyze the reaction of atorvastatin hydroxylation because CYP102A1 peroxygenase
with a low cost has higher activity than that of the NADPH-supported activity.
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2. Materials and Methods

2.1. Materials

Atorvastatin, hydrogen peroxide, and glucose oxidase were purchased from Sigma-
Aldrich (St. Louis, MO, USA). 2-OH atorvastatin and 4-OH atorvastatin were obtained
from Toronto Research Chemicals (North York, ON, Canada) Other chemicals and solvents
were purchased with the highest grade from commercial suppliers.

2.2. Hydroxylation of Atorvastatin by CYP102A1

The CYP102A1 mutants’ catalytic activity in the hydroxylation of atorvastatin was
supported by NADPH regeneration system or hydrogen peroxide. The reaction mixtures
include 200 μM of atorvastatin and 0.20 μM CYP102A1 in 100 mM of a potassium phosphate
buffer (pH 7.4), and were pre-incubated for 5 min at 37 ◦C. Hydroxylation of atorvastatin
with an NADPH regeneration system (0.5 mM NADP+, 10 mM glucose-6-phosphate,
and 1.0 IU yeast glucose-6-dehydrogenase/mL) was used to initiate reaction. The reaction
mixtures were incubated at 37 ◦C for 30 min and stopped by 600 μL of ice-cold ethyl acetate.

The hydroxylation of atorvastatin was supported by hydrogen peroxide; an aliquot
of 10 mM H2O2 initiated the reactions. The reaction mixtures were incubated at 37 ◦C
for 10 min and stopped by 600 μL of ice-cold ethyl acetate. Quercetin (50 μM) was added
as an internal standard to this solution. Then, the mixtures were vortexed for 3 min.
After centrifugation (3000× g, 10 min), aliquots (350 μL) of the ethyl acetate layer were
transferred to a clean glass tube and the ethyl acetate was removed under a gentle stream
of N2 gas. Each sample was dissolved in 170 μL of 30% of HPLC mobile phase (see below)
and 30 μL was used for the quantitation of the samples.

The atorvastatin’s metabolites were analyzed by HPLC, using a Gemini C18 column
(4.6 × 150 mm, 5 μm; Phenomenex, Torrance, CA, USA) with the mobile phase A (79.9%
water, 20% acetonitrile, and 0.1% formic acid) and the mobile phase B (9.9% water, 90%
acetonitrile and 0.1% formic acid). The elution rate was 1.0 mL/min by a gradient pump
(LC-20AD; Shimadzu, Kyoto, Japan) with the following gradient: 0–8 min, 30% mobile
phase B; 8–13 min, gradually increased to 60% mobile phase B; 13–20 min decreased to 30%
mobile phase B; and 20–30 min fixed at 30% mobile phase B. The UV at 260 nm detected the
eluent. The CYP102A1 mutants used in this study are shown in Supplementary Table S1.

Calibration standards of atorvastatin and quercetin were constructed from a blank
sample (a reaction mixture without substrate and internal standard), nine samples of
atorvastatin (2–500 μM), and thirteen samples of quercetin covering 0.2–500 μM (Figure S2).
The peak area ratio of atorvastatin to internal standard (quercetin) was linear with respect
to the analyte concentration over the range of 0.2–500 μM. When 2.4 volume of ethyl acetate
was used to extract atorvastatin and internal standard in buffer solution, the extraction
efficiencies of atorvastatin and internal standard were 79% and 74%, respectively, at the
concentrations used in the assay. Quantitation of the metabolites was done by comparing
the peak areas of each metabolite to mean peak areas of the internal standard (50 μM). The
detection limit of 4-OH atorvastatin was 0.20 μM.

2.3. Construction of an Expression Vector for the Heme Domain of CYP102A1 Mutant

The polymerase chain reaction (PCR) was performed using a Thermal Cycler (BioRad,
Richmond, CA, USA) and Phusion high-fidelity DNA polymerase (Thermo Fisher Scientific,
Waltham, MA, USA). For the expression of the heme domain of M371, the gene-coding heme
domain (1–472 residues) was amplified by the PCR with oligonucleotide primers BamHI/XbaI
restriction sites: BM3-BamHI forward, 5′-AGCGGATCCATGACAATTAAAGAAATGCC-3′
and BM3-XbaI reverse, 5′-TCTAGACTATTAGCGTACTTTTTTAGCAGACTG-3′. The PCR
product was resolved on a 1% (v/v) agarose gel, purified, digested with BamHI and XbaI and
ligated into a pCWOri plasmid [18,19]. The recombinant pCW vector containing M371-heme
was expressed in Escherichia coli DH5αF’IQ.
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2.4. Expression of CYP102A1 Mutants

The plasmids of whole M371 [20,21] and M371-heme were transformed into E. coli
DH5α F’-IQ cells and spread on Luria-Bertani (LB) agar plate containing ampicillin
(100 μg/mL). The single colony was grown in 5 mL of LB medium containing ampi-
cillin (100 μg/mL) at 37 ◦C and 170 rpm for 10 h. The cell culture’s (1% v/v) aliquots
were inoculated in 200 mL of a Terrific Broth (TB) medium with 100 μg/mL ampicillin,
1 mM thiamine, trace elements, 50 μM FeCl3, 1 mM MgCl2, and 2.5 mM (NH4)2SO4. The
cells were grown at 37 ◦C and 170 rpm to an OD600 of 0.6–0.8. Then, isopropyl-β-D-
thiogalactopyranoside (0.50 mM) and δ-aminolevulinic acid (1.0 mM) were added for CYP
protein expression. After the cells were grown at 30 ◦C and 170 rpm for 22 h, the cells were
collected by centrifugation (15 min, 5000× g, 4 ◦C). The cell pellet was resuspended in
100 mM Tris-HCl (pH 7.6) containing 0.50 mM ethylenediaminetetraacetic acid (EDTA) and
500 mM sucrose, and lysed by sonication (Sonicator, Heat Systems—Ultrasonics, Plainview,
NJ, USA). After the lysate was centrifuged at 100,000× g (90 min, 4 ◦C), P450 concentrations
were examined from the CO-difference spectra using the extinction molecular coefficient:
ε = 91 mM−1 · cm−1 [22]. The supernatant of the lysate was used for the catalytic activity
assay of the CYP102A1 enzymes.

2.5. LC-MS Analysis

To characterize the major metabolite of atorvastatin produced by the CYP102A1, the
reaction mixtures (1 mL) included 0.20 μM whole M371 enzyme and 200 μM atorvastatin
in 100 mM potassium phosphate buffer (pH 7.4). The initial reaction was started by
the NADPH-generating system at 37 ◦C for 30 min. The atorvastatin and metabolites
were analyzed using Shimadzu LCMS-2010 EV system (Shimadzu, Kyoto, Japan). The
metabolites and substrates were separated on a Shim-pack VP-ODS column (2.0 mm i.d.
250 mm; Shimadzu) using a mobile phase with acetonitrile–water–formic acid (70:30:0.1,
v/v/v) at a flow rate of 0.16 mL/min. To identify the metabolites, electrospray ionization
in positive mode recorded the mass spectra. The interface and detector voltages were 4.4
and 1.5 kV, respectively. The nebulization gas flow was set at 1.5 L/min. The interface,
curve desolvation line, and heat block temperatures were 250 ◦C, 230 ◦C, and 200 ◦C,
respectively [23].

2.6. Atorvastatin Hydroxylation’s Kinetic Parameters and Total Turnover Numbers

For determining the kinetic parameters of CYP102A1 mutants, the reaction mixtures
included an atorvastatin substrate at a concentration of 5–200 μM in 100 mM potassium
phosphate buffer (pH 7.4) and 0.20 μM CYP102A1. The reaction mixtures were preincu-
bated for 5 min at 37 ◦C. An aliquot of 10 mM H2O2 initiated the reactions, which were
performed for 10 min at 37 ◦C.

To determine total turnover numbers (TTNs) of CYP102A1 mutants, the reaction
mixtures included atorvastatin substrate at a concentration of 200 μM in 100 mM potassium
phosphate buffer (pH 7.4) and 0.20 μM CYP102A1. The reaction mixtures were pre-
incubated for 5 min at 37 ◦C. An aliquot of 10 mM H2O2 initiated the reactions, which were
performed for 30 s, 1, 2, 3, 4, 5, 10, 20, and 30 min at 37 ◦C.

The kinetic parameters of CYP102A1 catalyzed reactions supported by NADPH were
determined by the reaction, including 5–500 μM of atorvastatin in 100 mM potassium
phosphate buffer (pH 7.4) and 0.20 μM enzymes. The NADPH-generating systems were
added to the initial reaction and the reaction mixtures were incubated at 37 ◦C for 30 min.
The products were extracted with ethyl acetate and analyzed by HPLC as described above.
The kinetic parameters were analyzed by GraphPad Prism software (GraphPad Software,
San Diego, CA, USA).
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2.7. Comparison of Atorvastatin Hydroxylation Activity Supported by External Addition of
Hydrogen Peroxide and In Situ Hydrogen Peroxide Generation

For the reactions with externally added hydrogen peroxide, the reaction mixtures
included 2 mL total volume including 200 μM atorvastatin in a potassium phosphate buffer
(100 mM, pH 7.4) and 0.20 μM CYP102A1. The reaction mixtures were pre-incubated for
5 min at 37 ◦C. An aliquot of 10 mM H2O2 initiated the reactions.

For the reactions with in situ hydrogen peroxide production, the reaction mixtures
included 2 mL total volume including 200 μM atorvastatin, 0.20 μM CYP102A1,4 g/L
of glucose, and 10 U/mL of glucose oxidase in a potassium phosphate buffer (100 mM,
pH 7.4).

The reactions were performed at 37 ◦C at 2, 5, 10, 20, 30, 60, and 120 min point time,
aliquots of 250 μL reaction mixture were taken and the reactions were stopped by adding
600 μL of ice-cold ethyl acetate for 4-OH atorvastatin measurement.

2.8. Measuring Hydrogen Peroxide Concentration

The hydrogen peroxide concentration was measured by a spectrophotometric as-
say [24]. The reactions included in situ hydrogen peroxide production, and the reaction
mixtures with 2 mL included 200 μM atorvastatin, 0.20 μM CYP102A1, 4 g/L of glucose,
and 10 U/mL of glucose oxidase in a potassium phosphate buffer (100 mM, pH 7.4).
After the reactions were performed at 37 ◦C during 2–60 min, aliquots of 100 μL reac-
tion mixture were taken for the hydrogen peroxide measurement. The assay of 1 mL
total volume including 100 μL of H2O2 production reaction was mixed with 0.28 mM
2,2′-azinobis(3-ethylbenzthiazoline-6-sulfonate) (ABTS) and 0.5 U/mL of the horseradish
peroxidase (HPR) in 100 mM potassium phosphate buffer (pH 7.4). The formation of
the green ABTS cation radical was measured spectrophotometrically for 1 min at 420 nm
(ε = 36 mM−1 · cm−1) [25].

2.9. The Effect of Cosolvent on Hydroxylation of Atorvastatin Supported by Hydrogen Peroxide

The reaction mixtures included the atorvastatin substrate at a concentration of 200 μM,
0.20 μM CYP102A1, and cosolvent (methanol, ethanol, isopropanol, or acetonitrile glycerol)
of 0.5 to 10% (v/v) in a potassium phosphate buffer (100 mM, pH 7.4). The reaction mixtures
were pre-incubated for 5 min at 37 ◦C. An aliquot of 10 mM H2O2 initiated the reactions,
which were performed for 10 min at 37 ◦C.

2.10. Spectral Binding Titration

The spectral binding titrations of substrates to the CYP102A1 were determined with a
Shimadzu 1601PC Spectrometer at 23 ◦C, as described previously [26]. The atorvastatin’s
binding affinity to four CYP102A1 mutants was determined by titrating 1.0 μM enzyme
with the substrate in a total of 1 mL volume in a potassium phosphate buffer (100 mM,
pH 7.4). The absorption of the UV–vis spectral difference from 350 nm to 500 nm was
recorded after each substrate addition and plotted against the added substrate concen-
tration (0–100 μM). The spectrally determined dissociation constants (Kd values) were
determined using GraphPad Prism software (GraphPad Software, San Diego, CA, USA).

2.11. Statistical Analysis

All experiments were performed three times. The values are presented as means with
a standard error of mean (SEM).

3. Results and Discussion

3.1. Hydroxylation of Atorvastatin

At first, we screened the atorvastatin hydroxylation activities of a set of CYP102A1
mutants, which showed high activities toward several drugs supported by NADPH [20,21].
We found some mutants showed higher catalytic activity of atorvastatin 4-hydroxylation
when compared to those of our previous work [12]. The mutants M179 (0.89 min−1),
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M221 (1.25 min−1), M371 (2.0 min−1), and M387 (0.83 min−1) showed 3.2–7.8-fold higher
formation rate of 4-OH atorvastatin than the template M16V2 to make an enzyme library
by error-prone PCR (0.26 min−1) (Figure 2). Based on these results, M16V2, M179, M221,
M371, and M387 were selected and used for studying atorvastatin hydroxylation activities
supported by H2O2. Each mutant bore amino acid changes compared to WT CYP102A1,
as described in Table S1. Another major metabolite of atorvastatin, 2-OH product, in the
human liver, was not found in the CYP102A1-catalyzed reaction.

Figure 2. Activity of atorvastatin 4-hydroxylation catalyzed by CYP102A1 mutants. The reaction
mixtures included atorvastatin substrate (200 μM) and 0.20 μM of CYP102A1 in 100 mM of a
potassium phosphate buffer (pH 7.4). For NADPH-supported reactions, an NADPH-generating
system was used to initiate the reaction, which was incubated for 30 min at 37 ◦C. For H2O2 supported
reactions, 10 mM H2O2 was used to initiate the reaction, which was incubated for 10 min at 37 ◦C.

The mutants M179, M221, M371, and M387 showed 7.5-fold, 7.1-fold, 76.6-fold, and
19.5-fold higher rates of 4-OH atorvastatin formation than M16V2, respectively, when
the reaction was performed with the externally added H2O2 (10 mM). We found that
10 mM was the most optimal H2O2 concentration to support the peroxygenase activity of
CYP102A1 (Figure S3). The mutant M371 (1.8 min−1) showed the highest catalytic activity
toward atorvastatin among the tested mutants (Figure 2).

M371′s catalytic activities toward atorvastatin did not show large differences between
NADPH- and H2O2 supported reactions (Figure S4). Based on these results, M371 showed
the highest product formation rates in both the NADPH and H2O2 dependent reactions.
Thus, we selected M371 for constructing the heme domain in an expression vector. The
major metabolites and substrates were characterized by the HPLC (Figure 3) and LC-MS
(Figure S5) results.
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Figure 3. (A) HPLC chromatograms of substrate atorvastatin and its metabolites, 2-OH and 4-OH products. The concen-
tration of each compound was 200 μM. (B) HPLC chromatograms of atorvastatin metabolites produced by whole M371
and M371-heme domain in the presence of H2O2. The hydroxylation of 200 μM atorvastatin by 0.20 μM CYP102A1 (M371
whole enzyme or heme domain) in 100 mM of a potassium phosphate buffer (pH 7.4) was supported by externally added
hydrogen peroxide (10 mM) at 37 ◦C for 10 min. The reaction mixtures’ peaks of HPLC chromatograms were identified
by comparing their retention times to those of the following standards: authentic 4-OH atorvastatin (tR = 6.8 min), 2-OH
atorvastatin (tR = 16.2 min), and atorvastatin (tR = 17.3 min).

3.2. The Kinetic Parameters and TTNs of Atorvastatin Hydroxylation Reactions Supported by
Hydrogen Peroxide

The mutant M371, which has both domains of heme and reductase (so-called whole
M371), and M371-heme domain were used to determine the kinetic parameters of ator-
vastatin 4-hydroxylation (Figure 4, Table 1). The kcat value of whole M371 (4.3 min−1)
increased 3.3-fold when compared to that of the M371 heme domain (1.3 min−1). The Km
values of M371 and M371-heme were 52 μM and 106 μM, respectively. The M371-heme
domain showed a 2-fold increased Km value when compared with M371. The catalytic effi-
ciency (kcat/Km) of 4-OH atorvastatin formation by whole M371 and M471-heme domain
were 0.083 and 0.012 (min−1·μM−1), respectively. These results showed that whole M371
was more efficient for 4-OH atorvastatin formation than M371-heme (6.9-fold).

Table 1. Kinetic parameters of atorvastatin 4-hydroxylation by whole M371 and M371-heme domain.

CYP102A1 kcat (min−1) Km (μM) kcat/Km (min−1 · μM−1)

whole M371 4.3 ± 0.3 52 ± 11 0.083 ± 0.018
M371-heme domain 1.3 ± 0.2 106 ± 35 0.012 ± 0.004

Whole M371 and M371-heme were used to determine the TTNs of atorvastatin 4-
hydroxylation supported by H2O2 at the reaction times of 30 s, 1, 2, 3, 4, 5, 10, 20, and
30 min (Figure 5). The overall product formation was in the range of 3.2–17.3 TTNs
(Figure 5). The whole M371 showed a higher 4-OH atorvastatin formation rate than that of
M371-heme during all of the indicated reaction times. In addition, the results showed that
4-OH atorvastatin formation reached a plateau after 10 min of a reaction.
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Figure 4. Kinetic parameters of atorvastatin 4-hydroxylation by whole M371 and M371-heme in the
presence of H2O2. The reactions include 5–200 μM atorvastatin substrate and 0.20 μM of CYP102A1
M371 whole enzyme (�) or heme domain in 100 mM of a potassium phosphate buffer (pH 7.4) (•).
We added 10 mM H2O2 to initiate the reaction, which was incubated for 5 min at 37 ◦C.

Figure 5. Total turnover numbers of atorvastatin 4-hydroxylation by CYP102A1 supported by H2O2.
The reaction mixtures included atorvastatin substrate at concentration of 200 μM and 0.20 μM of
whole M371 (�) or heme-domain in 100 mM of a potassium phosphate buffer (pH 7.4) (•). We added
10 mM H2O2 to initiate the reaction and the reaction mixtures were incubated for 30 s, 1, 2, 3, 4, 5, 10,
20, and 30 min at 37 ◦C.

Taken together, the results of kinetic parameters and TTNs with whole enzyme and
heme-domain of M371 indicate that the whole protein shows higher catalytic activity than
the heme-domain, even if the reductase domain of the whole enzyme does not involve in
the peroxygenase activity of the heme-domain. The catalytic activity of M371-heme toward
atorvastatin is much lower (~45%) than the whole M371 (Figure 5). This result might be
due to a more stable conformation of whole M371 enzyme than that of M371-heme enzyme.
This result suggests the reductase domain makes the heme-domain a more functional
conformation for its peroxygenase activity.

When we compared the kinetic parameters of whole M371 catalyzed 4-hydroxylation
of atrovastatin supported by NADPH and H2O2, the kcat value of H2O2 supported reaction
was 1.4-fold higher than that of the NADPH-supported reaction (Table 1; Table S2). The
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Km value of the H2O2-supported reaction was 2.8-fold lower than that of the NADPH-
supported reaction. This result means that the H2O2-supported reaction showed a higher
catalytic efficiency (3.3-fold) than that of the NADPH-supported reaction.

3.3. Comparison of Atorvastatin 4-Hydroxylation Activity of CYP102A1 Supported by External
Addition and In Situ Generation of Hydrogen Peroxide

A continuous low-level supply or in situ generation of hydrogen peroxide is important
for peroxygenase’s stability [27,28]. The overall productivity can be increased due to
enhanced enzyme stability at tailored H2O2 generation rates. Here, we compared the
peroxygenase activity of CYP102A1 supported by externally added H2O2 (10 mM) or by in
situ generation of H2O2 via glucose and glucose oxidase.

The catalytic activity of atorvastatin 4-hydroxylation supported by externally adding
10 mM H2O2 increased rapidly from a 2–10 min reaction time, after that, 4-OH formation
rates reached a plateau (Figure 6). After 30 min, the reaction rate decreased slightly.

Figure 6. Comparison of external addition of H2O2 generation and in situ H2O2 generation to
support the atorvastatin 4-hydroxylation activity of CYP102A1. The reaction mixtures included
atorvastatin substrate at a concentration of 200 μM and 0.20 μM CYP102A1 in 100 mM of a potassium
phosphate buffer (pH 7.4). To start the reaction, 10 mM H2O2 was externally added to the reaction
mixtures (�) or 4 g/L of glucose and 10 U/mL of glucose oxidase were added (•).

When glucose oxidase and glucose were used to produce H2O2 continuously, the ator-
vastatin 4-hydroxylation activity gradually increased from a 2–30 min reaction time. The
product formation reached a plateau at 30 min and then increased slightly up to 60 min. The
results show that in situ H2O2 generation is more suitable for 4-OH atorvastatin formation
than that of externally adding H2O2 to support the peroxygenase activity of CYP102A1.

When the concentrations of H2O2 with glucose oxidase and glucose were determined
under the same experimental conditions with M371, the H2O2 concentrations increased to
2.7 mM after 5 min, was constant until 10 min, and then decreased to 1.3 mM after 60 min
(Figure S6). These results show the distinctive effects of the two H2O2 systems, the external
addition and in situ generation, were observed on the atorvastatin 4-hydroxylation activity
of CYP102A1.

3.4. Effect of Cosolvent on Atorvastatin Hydroxylation Activity Supported by Hydrogen Peroxide

We examined the cosolvent’s effect on the peroxygenase activity of CYP102A1 toward
atorvastatin to find a good solvent system for the atorvastatin hydroxylation activity. Al-
though methanol, ethanol, isopropanol, and acetonitrile showed the 4-OH atorvastatin
formation rate generally decreasing (Figure 7A), glycerol gradually increased the 4-OH
atorvastatin formation rate when its concentrations increased up to 2.0% (v/v) (Figure 7B).
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When the glycerol concentration increased by more than 3%, the activity gradually de-
creased. The results show the peroxygenase activity of the whole M371 toward atorvastatin
reached the highest (5.1 min−1) when 2% glycerol was added in the reaction mixtures.

Figure 7. The cosolvent’s effect on atorvastatin hydroxylation supported by hydrogen peroxide. The reaction mixtures
included atorvastatin substrate at 200 μM, 0.20 μM whole M371, and indicated cosolvent in 100 mM of a potassium
phosphate buffer (pH 7.4). (A) Cosolvent (methanol, ethanol, isopropanol, and acetonitrile) with 1%, 3%, 5%, and 10% (v/v).
(B) Cosolvent: glycerol with 0.5%, 1%, 2%, 3%, 5%, and 10% (v/v).

3.5. Spectral Binding Titration

To examine the differences in the substrate atorvastatin’s binding affinity to mutants
M179, M221, M371, and M387, spectral binding titration was performed (Figure 8). Binding
of atorvastatin to all of the mutants tested here produced a pronounced Type II spectral
shift, with a decrease at 390 nm and an increase at 420 nm, showing an increase in the
heme-domain’s low-spin fraction. The mutant’s Kd values ranged between 2.5 and 3.7 μM,
although M221 showed a higher Kd value (17 μM) than others. When 4-OH atorvastatin,
the product, was added to M371, a modified Type I spectral shift was produced with a
decrease at 420 nm and an increase at 390 nm (Figure S7). The Kd value of 4-OH atorvastatin
to whole M371 was 6.2 μM.

Although deuterated analogs were not used as internal standards to the analysis of
atorvastatin and its metabolite by LC-MS, the kinetic findings in this study should be
reliable because commercially obtained 4-OH atorvastatin was also used to confirm the
results of subsequent kinetic studies. We found the calibration methods used to quantify
the metabolite using quercetin as an internal standard were similar to the direct comparison
of external 4-OH atorvastatin standard. The extraction efficiency of 4-OH atorvastatin was
75% under the experimental conditions used in this study.

Drug metabolites in humans produced by P450s are critical for evaluating drug
efficacy and safety in the drug discovery and development process. Lower activities of
P450 enzymes are suggested for the H2O2-supported reaction rather than the NADPH-
supported reaction, which can be explained by the lack of general acid–base residues in
the P450 active sites [17]. This study showed that several CYP102A1 mutants can catalyze
human drug metabolites with high peroxygenase activity to produce the human metabolite
4-OH atorvastatin without requiring NADPH, an expensive cofactor [29]. Our results
suggest that the catalytic activities of CYP102A1 peroxygenase toward atorvastatin can be
improved by enzyme engineering via random mutagenesis and site-directed mutation. The
CYP102A1 mutants selected by high-throughput screening [12,20,21] showed high catalytic
activity toward atorvastatin. Atorvastatin inhibits HMG-CoA reductase and is a very
popular clinical drug used for hypertension and hyperlipidemia. The 4-OH atorvastatin
is known as an active metabolite, which is an expensive commercial product. By further
improving CYP102A1 peroxygenase activity and stability, the peroxygenase activity can be
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used to prepare drug metabolites of atorvastatin and possibly other drugs for industrial
purposes.

Figure 8. Binding titration of atorvastatin to the CYP102A1. The samples for binding titration contained 0–100 μM
atorvastatin in 100 mM of a potassium phosphate buffer (pH 7.4) and 1 μM of M179 (A), M221 (B), M371 (C), and M387 (D).
Spectrally determined dissociation constants (Kd) were also shown.

4. Conclusions

In this study, we found a simple enzymatic strategy of CYP102A1 enzymes for a high
synthesis efficiency for the 4-OH atorvastatin by using bacterial CYP102A1 peroxygenase
activity with hydrogen peroxide. A set of CYP102A1 mutants with high catalytic activity
toward atorvastatin were obtained using enzyme library generation, high-throughput
screening of highly active mutants, and enzymatic characterization of the mutants. In
H2O2-supported reactions, the mutant M371 among the tested mutants showed the high-
est catalytic activity of atorvastatin 4-hydroxylation. Improved enzymatic properties of
CYP102A1 peroxygenase activity over the NADPH-supported activity were found. This re-
sult shows that CYP102A1 peroxygenase activity can catalyze atorvastatin 4-hydroxylation
by peroxide-dependent oxidation with high catalytic activity. These results suggest that
the peroxygenase activity of CYP102A1 mutants can be developed to produce drugs’
metabolites to further study their efficacy and safety.

Supplementary Materials: The following are available online at https://www.mdpi.com/2076-341
7/11/2/603/s1, Table S1: The amino acid sequences of M16V2 and CYP102A1 mutants, Table S2:
Kinetic parameters of atorvastatin 4-hydroxylation by CYP102A1 supported by NADPH and dis-
sociation constants for atorvastatin, Figure S1: Proposed pathway for the atorvastatin metabolism
in human, Figure S2: Standard curves of internal standard, quercetin, and atorvastatin, Figure S3:
Dependence of atorvastatin 4-hydroxylation by CYP102A1 mutant on the H2O2 concentration, Figure
S4. HPLC chromatograms of atorvastatin and its metabolite produced by CYP102A1 mutant with
and without NADPH, Figure S5: LC/MS spectra of atorvastatin and its major metabolite produced
by CYP102A1 mutant (M371), Figure S6: Measurement of H2O2 concentration during atorvastatin
4-hydroxylation by whole M371 via in situ H2O2 generation, Figure S7: Binding titration of 4-OH
atorvastatin to the CYP102A1.
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Featured Application: The integrated Michaelis–Menten equation (IMME) provides a viable and

accurate methodology for enzyme kinetic studies when the product is also an inhibitor. This

methodology is important in a wide range of applications, including in the preclinical kinetic

assays of potential drug candidates. This methodology is a powerful tool for overcoming the in-

accuracies associated with archaic curve linearization methods for initial velocities determination

mainly when the reaction product is an enzyme inhibitor.

Abstract: The Michaelis–Menten equation (MME) has been extensively used in biochemical reactions,
but it is not appropriate when the reaction product inhibits the enzyme. Under these circumstances,
each determined initial velocity, v0, is one experimental point that actually belongs to a different
MME because enzymatic product inhibition occurs as the reaction starts. Furthermore, the inhibition
effect is not constant, since the concentration of the product inhibitor rises as time increases. To unveil
the hidden enzyme inhibition and to simultaneously demonstrate the superiority of an integrated
Michaelis–Menten equation (IMME), the same range of data points, assuming product inhibition and
the presence of a second different inhibitor, was used for kinetic analysis with both methodologies.
This study highlights the superiority of the IMME methodology for when the enzyme is inhibited by
the reaction product, giving a more coherent inhibition model and more accurate kinetic constants
than the classical MME methodology.

Keywords: enzyme inhibition; integrated Michaelis–Menten equations; reaction product inhibition;
two mutually exclusive inhibitors

1. Introduction

Enzymes are catalysts with diverse substrate specificities that have been used to
modulate biochemical transformations and which play an important role in a wide range
of applications, including proteomics research, medical diagnosis, food processing, biofuel
production, and environmental monitoring [1]. Furthermore, studies of enzyme kinetics
with more than one inhibitor have been specially focused in the pharmaceutical industry
on the development of more effective drugs that act at signal transduction cascades and
metabolic pathway levels [2].

At the beginning of the 20th century, Henri [3] proposed the first mathematical formu-
lation for enzymatic kinetics, corresponding to an equation that represented product versus
time. Slightly later (1913), Michaelis and Menten made a proposal based on an equation
of initial velocity versus substrate concentration using the catalytic constant (kcat) and a
substrate constant (Ks ≈ Km) [4], which has been the basis of the great majority of kinetic
studies carried out until today. However, from a formal point of view, the occurrence
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of enzyme inhibition via a reaction product was not considered in this equation. This
fact deserves special attention, since it has been reported that 91.7% of human enzymes
exhibit inhibition and the most inhibitory interactions result from the structural similarities
between substrates and inhibitors [5]. This emphasizes the extreme importance of product
inhibition in kinetic studies. Since product inhibition can significantly retard the rates of
enzyme-catalyzed reactions [6], the accumulated product constitutes the main obstacle for
the determination of the true initial velocities using conventional assay methods [7].

When the reaction product inhibits the enzyme, the obtained initial velocity points
adjust to the Michaelis–Menten equation (MME), and are always affected by the inhibitor’s
action [8,9]. However, kinetic studies under these conditions are usually performed by
adjusting the initial velocities to an MME (without considering the effect of the inhibitor’s
presence). However, if the product is an inhibitor, the initial velocity determined cannot be
the “true” initial velocity without the inhibitor, because the inhibitor (a reaction product)
has been there since the reaction started. Thus, the utilization of an appropriate integrated
Michaelis–Menten equation (IMME) provides a viable and unique methodology that can
overcome such limitations. Nevertheless, before parameter estimation, model discrimina-
tion is required as a first step in order to find an IMME model that best fits the experimental
points. Actually, the use of integrated equations to study enzyme kinetics is no longer a
complex task since the required nonlinear regression methods are available in software
spreadsheets using traditional widespread desktop tools, such as Office Excel [8–12].

The main aim of this work is to present and validate a methodology based on an IMME
(with different inhibitor models) that is capable of overcoming the misinterpretations that
arise when using usual initial velocities methodology [13] when an enzyme is inhibited
by the reaction product. Both methodologies (MME and IMME) were used with same
simulated data points (product vs. time) and the results were compared in order to find the
best one.

2. Materials and Methods

2.1. Simulated Data for the Graphical Representation of Product Versus Time

Simulated data representing product versus time curves with integrated equations
considering the absence of product inhibition (Equation (1), Table 1 and Figure 1a) and
also competitive inhibition by the reaction product (Equation (2), Table 1 and Figure 1b)
were used to obtain four graphical representations of different Km/Ki (Figure 2). The
following arbitrary parameters were used in the simulation: (a) Vmax = 18 μM min−1;
Km = 500 μM; S0 = 100 μM; Kic = 0.5 μM; (b) Vmax = 18.0 μM min−1; Km = 100 μM;
S0 = 100 μM; Kic = 20 μM; (c) Vmax = 18.0 μM min−1; Km = 10 μM; S0 = 100 μM; Kic = 2 μM.
(d) Vmax = 18.0 μM min−1; Km = 2 μM; S0 = 100 μM; Kic = 5 μM.

Table 1. Integrated Michaelis–Menten equations obtained from the model explained in Figure 1,
assuming product inhibition [10].

Kinetic Model * Equation

WI t = − 1
Vmax

{
Kmln [St ]

[S0]
+ ([St]− [S0])

}
(1)

CI t = − 1
Vmax

{
Km

(
[S0]
Kic

+ [I1]
Kic

+ 1
)

ln [St ]
[S0]

+
(

1 − Km
Kic

)
([St]− [S0])

}
(2)

NCI t = − 1
Vmax

{
Km

(
[S0]
Ki

+ [I1]
Ki

+ 1
)

ln [St ]
[S0]

+
(

1 − Km
Ki

+ [I1]
Ki

+ [S0]
Ki

)
([St]− [S0])− 1

2Ki

(
[St]

2 − [S0]
2
)}

(3)

UCI t = − 1
Vmax

{
Kmln [St ]

[S0]
+

(
1 + [S0]

Kiu
+ [I1]

Kiu

)
([St]− [S0])− 1

2Kiu

(
[St]

2 − [S0]
2
)}

(4)

MI t = − 1
Vmax

{
Km

(
[S0]
Kic

+ [I1]
Kic

+ 1
)

ln [St ]
[S0]

+
(

1 − Km
Kic

+ [S0]
Kiu

+ [I1]
Kiu

)
([St]− [S0])− 1

2Kiu

(
[St]

2 − [S0]
2
)}

(5)

* WI—without inhibition; CI—competitive inhibition; NCI—noncompetitive inhibition; UCI—uncompetitive
inhibition; MI—mixed inhibition.
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Figure 1. (a) Mixed linear inhibition model (MI), where: E—enzyme; ES—complex enzyme in-
hibitor; ESI—complex enzyme inhibitor substrate; EI—complex enzyme inhibitor; P—product; Km—
Michaelis–Menten constant; Kic, Kiu—dissociation constants; kcat—catalytic constant. (b) Kinetic
mechanism for two exclusive mixed linear inhibitors (I1 and I2) with Kiu1/Kic1 = a and Kiu2/Kic2 = b.

 
(a) (b) 

 
(c) (d) 

Figure 2. Theoretical simulation of product versus time curves with integrated equations assum-
ing Vmax = 18 μM min−1; S0 = 100 μM; and the following Km/Kic ratios: (a) Km/Kic = 1000;
(b) Km/Kic = 5 (non-saturating conditions); (c) Km/Kic = 5 (saturating conditions); (d) Km/Kic = 0.4.
The integrated equations utilized were without inhibition (solid line, Equation (1)) and in the presence
of competitive inhibition by the reaction product (dashed line, Equation (2)).

2.2. Simulated Data for Comparison between Both Methodologies

Simulated data points [P] vs. time were obtained, taking into account the presence
of mixed inhibition by the reaction product [I1] and furthermore the presence of a second
different mixed inhibitor, [I2] = 10 μM (Table 2, Equation (9), two mixed mutually exclusive
inhibitors). Data points were simulated with the following arbitrary kinetic parameters:
(Km = 500 μM; Vmax = 0.120 μmol min−1 mg−1; Kic1 = 100 μM; Kiu1 = 50 μM; Kic2 = 50 μM;
Kiu2 = 5 μM) at six substrate concentrations (100; 200; 400; 800; 1000; 2000 μM).
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Table 2. Integrated Michaelis–Menten equations obtained from the model explained in Figure 1,
considering the simultaneous presence of two mutually exclusive inhibitors when one of which is a
reaction product [8].

Kinetic Model * Equation

CI t = − 1
Vmax

{
Km

(
[S0 ]
Kic1

+ [I1 ]
Kic1

+ [I2 ]
Kic2

+ 1
)

ln [St ]
[S0 ]

+
(

1 − Km
Kic1

)
([St]− [S0])

}
(6)

NCI t = − 1
Vmax

{
Km

(
[S0 ]
Ki1

+ [I1 ]
Ki1

+ [I2 ]
Ki2

+ 1
)

ln [St ]
[S0 ]

+
(

1 − Km
Ki1

+ [I2 ]
Ki2

+ [I1 ]
Ki1

+ [S0 ]
Ki1

)
([St]− [S0])− 1

2Ki1

(
[St]

2 − [S0]
2
)}

(7)

UCI t = − 1
Vmax

{
Kmln [St ]

[S0 ]
+

(
1 + [S0 ]

Kiu1
+ [I2 ]

Kiu2
+ [I1 ]

Kiu1

)
([St]− [S0])− 1

2Kiu1

(
[St]

2 − [S0]
2
)}

(8)

MI t = − 1
Vmax

{
Km

(
[S0 ]
Kic1

+ [I1 ]
Kic1

+ [I2 ]
Kic2

+ 1
)

ln [St ]
[S0 ]

+
(

1 − Km
Kic1

+ [S0 ]
Kiu1

+ [I2 ]
Kiu2

+ [I1 ]
Kiu1

)
([St]− [S0])− 1

2Kiu1

(
[St]

2 − [S0]
2
)}

(9)

* CI—competitive inhibition; NCI—noncompetitive inhibition; UCI—uncompetitive inhibition; MI—mixed inhibition.

Only data points in the “linear” part of each curve [P] vs. time were used for subse-
quent kinetic analysis [10,12].

2.3. Data Processing and Analysis

Based on the same set of simulated values, obtained as explained in Section 2.2,
conventional kinetics based on the initial velocities (MME) was performed similarly to a
previously published work [13]. The same data points were also submitted to a kinetic
analysis using integrated equations (IMME) [8,10], assuming the presence of two inhibitors
(mutually exclusive when one of which is a reaction product) and considering the following
models: MI model (Equation (9)); UCI (Equation (8)); NCI (Equation (7)); CI (Equation (6));
and WI (Equation (1)).

The estimation of kinetic constants was carried out through the nonlinear regression
of the experimental data using the Solver supplement of Microsoft Office Excel [13]. The
discrimination between different kinetic models was performed using the Akaike informa-
tion criterion (AIC) [8,14], as previously explained. Kinetic parameter uncertainties were
determined using the sequential quadratic programming algorithm from SPSS Statistics 23
(IBM, Armonk, NY, USA) software.

3. Results

3.1. Simulated Data for the Graphical Representation of Product Versus Time

Assuming the kinetic inhibition by the reaction product (Figure 1a) or considering
the simultaneous presence of two mutually exclusive inhibitors when one of which is a
reaction product (Figure 1b), this work intends to highlight possible inaccuracies when
kinetic studies are carried out using conventional methodologies (initial velocities) [13].
The integrated equations with one inhibitor (Figure 1a) are presented in Table 1. Model MI
(Equation (5)) can be simplified into other nested models with fewer parameters (Table 1),
assuming that constants Kic and Kiu both tend to infinity (WI, Equation (1)), that only one
of them does (CI, Kiu → ∞, Equation (2) or UCI, Kic → ∞, Equation (4)), or that both are
equal (NCI, Kic = Kiu, Equation (3)).

To clarify the need for a new approach to the study of enzyme kinetics when reaction
product inhibition occurs, a simulation (Figure 2) was carried out using integrated equations
(Table 1) considering the absence of product inhibition (Equation (1)) and admitting, e.g.,
that the reaction product is a competitive inhibitor (Equation (2)).

3.2. Kinetic Studies Using MME and IMME Based on Simulated Values

When reactions are carried out in the presence of a second inhibitor, another set
of integrated equations assumes the simultaneous presence of two mutually exclusive
inhibitors (Figure 1b), where one of which is a reaction product. This process is presented
in Table 2 [8]. In the presence of two inhibitors, a linear MI model (Equation (9), Table 2)
can be simplified into other nested models with fewer parameters (Equations (1), (6)–(8),
assuming that constants Kic1, Kic2, Kiu1, Kiu2 tend to infinity (WI, Equation (1)) or only
some of them do (CI or UCI, (Equations (6) and (8)), or when Kic1 = Kiu1 and Kic2 = Kiu2
(NCI, Equation (7)).
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The initial velocities obtained with the theoretically simulated data points without
or with a second inhibitor were used for the kinetic investigation using a conventional
MME. Discrimination among the different kinetic models (Table 3,) using AIC methodology
can be seen in Table 4. Uncompetitive inhibition (MME) was discriminated as the best fit
model and the estimated parameters are presented in Table 5. The same discrimination
methodology for the different IMME models (Table 3) shows that the best model is the MI
model (Equation (9)). In addition to discriminating between different models (UCI and MI,
respectively, by the MME and IMME methodologies), the results show notable differences
between the values of the kinetic parameters determined for both models (Table 5).

Table 3. Sum of square error (SSE) values for different models obtained by the MME and IMME
methodologies.

WI CI NCI UCI MI

MME

SSE 0.001599 0.000340 0.000033 0.000010 0.000007
p 2 3 3 3 4
n 14 14 14 14 14

IMME

SSE 946.511 339.962 19.814 3.064 0.0000006
p 2 4 4 4 6
n 432 432 432 432 432

Table 4. Discrimination of the UCI model using AIC methodology with initial velocities data (MME).

Models
A/B

SSEA SSEB n PA + 1 PB + 1 AICA AICB AICcA AICcB Δ
Probability
B Correct

WI/UCI 0.001599 0.000010 14 3 4 −121.1 −190.2 −118.7 −185.7 −67.0 1.00
UCI/MI 0.000010 0.000007 14 4 5 −190.2 −192.4 −185.7 −184.9 0.8 0.397

Table 5. Summary of obtained constants with discriminated best fit models.

Method (Model) Km (μM) Kic1 (μM) Kiu1 (μM) Kic2 (μM) Kiu2 (μM) Vmax (μmol min−1 mg−1)

MME (UCI) 344.4 (±17.3) - 7.3 (±0.3) 0.077 (±0.001)
IMME (MI) 499.99 (±0.001) 99.98 (±0.001) 50.0 (±0.000) 50.0 (±0.000) 5.0 (±0.000) 0.121 (±0.000)

4. Discussion

As can be seen in Figure 2, the experimental points for product versus time cannot
be the same once the equations are different. The ratios for Km/Kic were 1000, 5, 5 and
0.4, respectively to Figure 2a–d. In Figure 2a,b the enzyme is not in saturated conditions,
unlike what happens in Figure 2c,d. The kinetic constant Kic (product inhibitor) used to
obtain the different curves for Figure 2a is much smaller than Km. Even when Km and
Kic have the same order of magnitude (Figure 2b,c) or Kic is greater than Km (Figure 2d),
the initial velocities with and without the inhibitor seem similar, but are not the same,
as previously discussed [10,12]. In traditional enzyme kinetics lab work, experimental
data is usually forced to be adjusted to the Michaelis–Menten equation, i.e., uninhibited
conditions are assumed. However, as Figure 2 shows, the initial velocities determined from
the derivatives (tangents) of Equation (1) (solid line, without inhibition by the reaction
product) and Equation (2) (dashed line, competitive inhibition by the reaction product)
at time zero are different mainly when the Km/Kic ratio is greater than 1 (Figure 2a–c).
Therefore, if product inhibition occurs, the initial velocity can never be an experimental
point of the Michaelis–Menten equation (v0 = Vmax [S]/(Km + [S]) as assumed by the initial
velocities methodology. Unfortunately, all published kinetic studies that use the initial
velocities methodology when the product is an inhibitor have this evident incompatibility.
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Thus, initial velocity studies in the presence of reaction product inhibition have two implicit
drawbacks: (1) the initial velocities of these two equations (without product inhibition and
with product inhibition) are the same; and (2) it is assumed that the initial velocities are
data points belonging to the Michaelis–Menten equation (v0 = Vmax [S]/(Km + [S]). These
methodological simplifications were overlooked about 100 years ago when it was very
difficult to overcome these problems due to the lack of computers. Even after computer use
became common, the determination of initial velocities when the product of the reaction is
an inhibitor remains very popular.

In kinetic studies, equations must be adjusted to the data points prior to the discrimi-
nation of the best model. Unfortunately, in almost all published studies, data points were
adjusted to the equations that were previously assumed to be correct. Thus, miscalculation
begins with the initial velocity determinations when the reaction product inhibition is
not considered [15,16]. The error can even be accentuated when, in many cases, the data
points are adjusted to a particular inhibition model without considering other types of
inhibition, which may provide better adjustments (e.g., non-competitive versus mixed
inhibition). Inaccuracies are also amplified when the kinetics are studied using archaic
curve linearization, such as with the popular Lineweaver–Burk plot, which is still used
today [17], or other similar processes. The advantages of integrated equations have been
presented by many authors and summarized in previous publications [8–10,12,18–20]. To
emphasize the importance of this subject, misinterpretations can be increased when another
different inhibitor is added to the reaction medium, which is a mandatory condition in
kinetic inhibition studies [8,9]. A summary of the work carried out can be seen in the
scheme presented in Figure 3.

Figure 3. Scheme of theoretical framework developed in order to show that with the same data range,
different kinetic models were obtained as a function of the chosen methodology (initial velocities or
progress curve analysis).

To exemplify the errors obtained when the initial velocity is assumed, theoretical values
(same data points, product versus time) were obtained with Equation (9) (Table 2) and the
arbitrary values of the product (P) introduced in the equation (assuming predefined kinetics
parameters) in order to obtain time (t) values (Km = 500 μM; Vmax = 0.120 μmol min−1 mg−1;
Kic1 = 100 μM; Kiu1 = 50 μM; Kic2 = 50 μM; Kiu2 = 5 μM). It should be pointed out that ratios
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Km/Kic1 = 5 and Km/Kiu1 = 10 are in the same order of magnitude of simulations presented
in Figure 2b,c. Moreover, these ratios are in the same order of magnitude exhibited by
enzymes with product inhibition [10,11,21]. With these theoretical data points (product
vs. time), the study was carried out using the initial velocity methodology (MME) and
compared with an IMME based on the same data range (linear phase of product vs. time),
i.e., using the same simulated points. The best methodology (MME or IMME) will be
the one that provides similar kinetic parameters with those utilised for initial data point
generation. As can be seen, the different values for the kinetic parameters and the inhibition
model thus discriminated (UCI/MME) do not match the initial constants used to obtain
the values of the data set (product vs. time). The kinetic constants obtained by the MME
methodology were: Km = 344.4 μM instead of 500 μM; Vmax = 0.077 μmol min−1 mg−1

instead of 0.120 μmol min−1 mg−1; Kic2 = ∞ instead of 50 μM; and Kiu2 = 7.3 μM instead
of 5 μM. On the contrary, the IMME methodology allowed us to obtain identical kinetic
parameters (Table 5) and a kinetic model (MI) chosen to generate simulated data points
(product vs. time). It is evident that the MME methodology (initial velocity) cannot be
used to obtain Kic1 and Kiu1. In addition, this methodology also failed to discriminate
the inhibition model for the second inhibitor (UCI instead of MI) and gave the kinetic
parameters (Table 5) Km and Vmax with values lower than around 30%. These results
highlight the superiority of the IMME methodology.

5. Conclusions

The kinetic analysis of enzymatic reactions in the presence of product inhibition
gives different kinetic models as a function of the chosen methodology (initial velocities
and progress curve analysis). The results obtained with the MME methodology (initial
velocities) gives an inhibition model and parameter constants that do not match with the
correct one. In contrast, the IMME methodology allowed us to obtain the same model (MI)
and constants similar to the original ones used to obtain the initial data points.

Theoretical considerations regarding the use of integrated Michaelis–Menten equations
to study enzyme kinetics when the reaction product is an enzyme inhibitor emphasize
the superiority of the IMME approach over the classical MME methodology. Thus, kinetic
studies, when the reaction product is an enzyme inhibitor, should be carried out using
the IMME methodology in order to obtain the appropriate kinetic model and unbiased
kinetic constants.
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Abstract: Protease is the main enzyme of detergent. Through the combination of different proteases
and the combination of protease and detergent additives, it can adapt to different washing conditions
to improve the washing effect. In this experiment, whiteness determination, microscope scanning,
Fourier transform infrared spectroscopy, and X-ray photoelectron spectroscopy were used to detect the
whiteness values of the cloth pieces before and after washing, as well as the stain residue between the
fibers on the surface of the cloth pieces. The protease detergent formula with better decontamination
and anti-deposition effects was selected. The combination of alkaline protease, keratinase, and trypsin
was cost-effective in removing stains. Polyacrylamide gel electrophoresis showed that the molecular
weight of the protein significantly changed after adding the enzyme preparation during washing, and
the molecular weight of the protein was directly proportional to protein redeposition. The composite
protease had a better comprehensive decontamination effect, and when compatible with suitable
surfactants, anti-redeposition agents, and water-softening agents, the compound protease detergent
exhibited a stronger decontamination ability than commercial detergents.

Keywords: protease; detergent; surfactant; cleaning

1. Introduction

Protease is added to detergents to decompose stains during laundry [1,2]. The protease
breaks the polypeptide chain, the macromolecular protein is broken down into small
molecule polypeptides or amino acids, and it is peeled from the fabric under the action
of surfactant and external force [3]. The earliest protease used for washing was trypsin,
which only needs a small amount to achieve good washing results. However, trypsin is
mainly extracted from animal materials [4,5], and the raw materials and processes have
certain limitations. Thus, it has been gradually replaced with alkaline protease, which
can be produced by large-scale fermentation. Current enzyme-added detergents only add
alkaline protease and exhibit a single washing effect. With the large-scale production of
multiple varieties of proteases, the production cost of proteases has been reduced. With the
improvement of living conditions, people’s requirements for washing have increased, and
new types of protein stain washing solutions are needed.

In 1963, Novozymes introduced protease, which led to a revolution in the industrial
enzyme market and began a rapid expansion of detergent enzyme products. Currently,
enzymes for detergents already account for 40% of all industrial enzymes. In the European
and American markets, enzyme detergents already account for 80% of the detergent market,
and almost all detergents are enzyme detergents in Japan. The current trend of enzymatic
detergent research and development is extended from single protease to multiple enzymes,
such as lipase, amylase, cellulase, mannanase, peroxidase, laccase, etc., and from a single
type of stain to a comprehensive washing for multiple stains [6]. Improving the storage
stability of proteases in detergents and washing stability under high/low temperature and

Appl. Sci. 2022, 12, 150. https://doi.org/10.3390/app12010150 https://www.mdpi.com/journal/applsci27



Appl. Sci. 2022, 12, 150

high alkaline/acidic conditions have also become new research hotspots. In order to meet
the diverse functional requirements of the consumer market for detergents, Novozymes
has developed a hybrid liquid detergent Medley solution. The enzymes used in the
new Medley solution maintain stability and washing performance at high water content.
Alkaline proteases have become key ingredients in detergent formulations [7]. With the
emergence of new strains, researchers have found that other proteases can be added to
detergents, such as keratinase [8]. The current problems of protease detergents are the
compatibility of protease with washing auxiliaries and the stability of protease at different
temperatures and pH [9,10].

The effect of trypsin [11], keratinase [12,13], and alkaline protease [14] on cleaning is
obvious. The compound washing effect is better after the protease is proportioned. Deter-
gents are added with different ingredients [15], such as surfactants [16], water-softening
agents [17], anti-redeposition agents [18], softening agents [19,20], and stabilizers, to im-
prove the washing efficiency. We selected 30 common detergent auxiliaries, matched
them with protease, and compared the washing effects of different compound protease
detergents, and the optimal formula was obtained. The washing power of the composite
protease detergent was better than those of several common commercial detergents [21].

2. Materials and Methods

2.1. Materials

Selected proteases included alkaline protease (5.0 × 105 U/g), weakly alkaline pro-
tease (4.8 × 105 U/g), neutral protease (1.5 × 105 U/g), acid protease (8.0 × 105 U/g),
trypsin (4.0 × 103 U/g), aminopeptidase (6.0 × 104 U/g), flavourzyme (5.0 × 105 U/g),
and keratinase (1.0 × 105 U/g) in food-grade solid powder form from Lonct Enzymes Co.,
Ltd. (Linyi, China). Protease activity is expressed as protease activity units. At 40 ◦C and a
certain pH, the amount of enzyme required for protease to hydrolyze casein to produce 1 μg
of tyrosine per minute is one unit of enzyme activity. The pH of the reaction conditions for
measuring the enzymatic activity of alkaline proteases, weakly basic proteases, aminopep-
tidases, and keratinases was 10.5. The pH of the reaction conditions for measuring the
enzymatic activity of neutral proteases, trypsin, and flavored proteases was 7.5. The pH of
the reaction conditions for measuring the enzymatic activity of acidic proteases was 3.0.

Detergent builders included polyethoxylated fatty alcohols, sodium ethoxy alkyl sul-
fate, dodecylbenzenesulfonic acid, triethanolamine, anhydrous sodium citrate, SNS-80, each
in industrial-grade (≥90%) from Research Institute of Daily Chemical Industry (Taiyuan,
China). 2-morpholineethanesulfonic acid (MES) in molecular biology grade (>99%) from
Coolaber. Fatty acid methyl ester ethoxylate (FMEE), alkyl glycoside (APG), layered sodium
disilicate (SKS-6) from Yousuo Chemical Technology Co., Ltd. (Linyi, China), modified
oil ethoxylate (SOE) from Junxin Chemical Technology Co., Ltd. (Guangzhou, China),
tea saponin from Zhongye Biotechnology Co., Ltd. (Lishui, China), sodium alginate,
hyaluronic acid from Boxbio Science & Technology Co., Ltd. (Beijing, China), all of the
above are industrial grade (≥90%). Sodium carboxymethyl cellulose (CMC), polyvinyl
alcohol type 1799 (PVA), polyethylene glycol 6000 (PEG), polyaspartic acid (PASP), silicon
dioxide (SiO2), ethylenediaminetetraacetic acid tetrasodium salt (EDTA), disodium maleate
were used in chemically pure forms (≥99.5%) from Sinopharm Chemical Reagent Co.,
Ltd. (Shanghai, China). Hydroxypropyl methylcellulose sodium (HPMC), hydroxyethyl
cellulose sodium, and sodium polyacrylate were used in food-grade (>99%) from Best Food
Additives Co., Ltd. (Zhengzhou, China). 4A zeolite was industrial-grade (≥90%) from
Runfeng Synthetic Technology Co., Ltd. (Nantong, China). Sodium tartrate and sodium
gluconate in food-grade (>99%) were acquired from Gukang Biological Engineering Co.,
Ltd. (Jinan, China). Sodium laurate in industrial-grade (≥90%) was from Longhui Chemical
Co., Ltd. (Jinan, China). α-cyclodextrin, β-cyclodextrin, and γ-cyclodextrin were used in
food-grade (>99%) from Youlezi Food Ingredients Co., Ltd. (Shanghai, China). Sulfobutyl-
β-cyclodextrin (Captisol), methyl-β-cyclodextrin, and 2-hydroxypropyl-β-cyclodextrin
were analytical reagents (≥99.9%) from Aladdin (Shanghai, China). In the experiment, the
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materials used to simulate protein stains were eggs and carbon powder. Blood used was
porcine anticoagulated whole blood. Double distilled water was used in the experiments.

2.2. Preparation of Soiled Cloth

The protein stain was prepared as follows: Weigh 2.4 g of gum arabic powder and
dissolve it with a little water, add 1.6 g of carbon black powder and grind for about 2 min.
Transfer this carbon black stain to 120 mL of aqueous solution containing 13.8 g of whole
milk powder, add another 120 mL of distilled water, homogenize with an emulsifier at
4000–5000 r/min for 30 min, then slowly add 120 mL of aqueous solution containing 25 g
of egg liquid (egg white: yolk = 3:2) and continue to homogenize for 1 h.

White cotton cloth was cut into circular pieces of ~6 cm. When preparing the protein
fouling cloth, the protein stain solution was heated to 40 ◦C and filtered. Then, 200 μL was
added dropwise onto the white cotton cloth, soaked, pressed, and then dried. The same
method was followed when preparing the dirty blood cloth.

2.3. Washing Procedure

The preparation method of the basal detergent is as follows. Add 4% polyethoxy-
lated fatty alcohol, 2% ethoxylated alkyl sulfate, 8% dodecylbenzene sulfonic acid,
0.5% triethanolamine, and 0.5% anhydrous sodium citrate in a volume of water, stir to
dissolve, and use sodium hydroxide solution to adjust the pH of the solution to 8.5–9.0.

The water used during washing was hard water (250 mg/kg), and the molar ratio of
Ca2+ to Mg2+ was 6:4. The configuration method is as follows: weigh 1.67 g CaCl2 and
2.04 g MgCl2·6H2O, add water to make 10.0 L, which is 250 mg/kg hard water.

Then, 400 U/g of protease was added to the basal detergent and mixed well to prepare
a 0.2% solution. A 100 mL aliquot of the solution was added to an Erlenmeyer flask, and a
cloth piece was added. Various proteases have their maximum enzyme activity at 50–60 ◦C.
Thus, 50 ◦C was selected as the reaction temperature [22,23]. The rotating speed was
maintained at 150 r/min at 50 ◦C and washed for 50 min. Each piece of cloth was rinsed,
dehydrated, and then dried.

2.4. Characterization of the Cleaning Effect

A whiteness tester was used to detect the whiteness reflectance value of the cloth
surface before and after washing at the wavelength of 457 nm. We took two points on the
front and back sides of the cloth piece before washing or after washing and measured the
whiteness value. The average value of the four measurements is the whiteness value of
the cloth piece. The stain residues on the surface and inside of the fiber before and after
washing were observed with a super depth-of-field microscope (Leica DVM6A, Chongqing,
China) at magnifications of 200× and 500× [24]. The state of the fibers before and after
washing the cloth and the stain residues between the fibers were observed via scanning
electron microscopy (SEM, Phenom pure plus, Shanghai, China) at a voltage of 10 kV [13,25].
The magnifications were 410×, 430×, and 440×. Fourier transform infrared spectroscopy
(ATR-FTIR, Nicolet10, Waltham, MA, USA) was performed before and after washing
of the fabric sheet [26,27]. The wavenumber range of residual functional groups was
500–4000 cm−1. Energy dispersion analysis was performed using X-ray photoelectron
spectrometry (XPS, ESCALABXi+, Waltham, MA, USA) [27].

2.5. Detection of Stain Protein Molecular Weight

Eighty units of enzyme activities of alkaline protease, keratinase, and 4 U enzyme ac-
tivities of trypsin were added to the protein-contaminated liquid to verify the decomposing
effect of the proteases on protein stains. The reaction was carried out at 50 ◦C for 50 min,
and the reaction solution was analyzed by SDS–PAGE [14,28]. Eighty units of alkaline
protease, keratinase, and trypsin were added to the blood to verify the decomposing effect
of the proteases on bloodstains. The reaction was carried out at 50 ◦C for 10–50 min, and the
reaction solution was analyzed by SDS–PAGE. The electrophoresis gel was prepared using
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the Meilun protein gel kit. The sample was added with 80 μL Tricine-SDS-PAGE loading
buffer (5×), boiled for 5 min, centrifuged to obtain the supernatant, and then loaded with
10–15 μL for each sample. Electrophoresis was performed after adding the electrophoresis
buffer to the electrophoresis system.

2.6. Evaluation of the Effect of Blood Stains Redeposition

5 mL of 4% blood dilution solution was prepared; added with 80 U of alkaline protease,
keratinase, and trypsin; and then shaken in a water bath at 50 ◦C for 10, 20, 30, 40, and
50 min. The reaction solution was boiled for 3 min, and then protein gel electrophoresis
was performed. Double-distilled water (5 mL) was added to the reaction solution, in which
the white cotton cloth was immersed and allowed to stand for 12 h at 30 ◦C. The cloth was
rinsed with water and dried, and then the extent of surface deposition and the relationship
between the extent of protein deposition on the surface of the cloth and the molecular
weight of the protein were observed.

2.7. Optimization of Protease Washing Performance

Alkaline protease and keratinase were mixed in the detergent at different ratios, and
the total enzyme activity of each experiment was set to 80 U. In the experiment, the enzyme
activity ratios of alkaline protease and keratinase were 20 U:60 U, 40 U:40 U, 30 U:50 U,
60 U:20 U, and 10 U:70 U. On the basis of adding 80 U protease activity per 0.2 g detergent,
the enzyme activity of trypsin was added as 5 U, 10 U, 15 U, 20 U successively, and the
remaining enzyme activity was supplemented to 80 U by alkaline protease and keratinase.
The selected detergent auxiliaries were added to the basal detergent, and the addition
amount was 1% of the mass of basal detergent. One or two additives, enzymes, and
basal detergents with the best cleaning effect were selected from the surfactants, anti-
deposition agents, water softeners, and cyclodextrins for subsequent experiments. The
optimized formula was compared with four common commercial detergents in terms of
washing effect.

3. Results and Discussion

3.1. Washing Performance Test of Different Proteases

The washing effect of different proteases on protein fouling cloths and dirty blood
cloths was analyzed. Saleem et al. [29] reported the capability of protease to digest and con-
vert the insoluble form of egg white and blood clot into their soluble forms. Bersic et al. [30]
reported that adding protease to detergent has a better washing effect. Through the above
washing method, different proteases were used to clean protein-fouling cloths and blood-
dirty cloths under the conditions of 80 U, 50 ◦C, and 50 min (Table 1). In the washing of
protein stains, the highest reflectivity was obtained when trypsin was added, equivalent to
1.3 times upon the addition of alkaline protease, followed by keratinase. In the washing of
bloodstains, the highest reflectivity was obtained when trypsin was added, equivalent to
1.6 times upon the addition of alkaline protease, followed by keratinase. Neutral protease
and aminopeptidase have the worst washing effects. In washing blood-stained cloths
with protease, some proteases could not completely decompose hemoglobin on the cloth
piece, which caused hemoglobin to be retained by the fibers on the surface of the cloth
piece and redeposited on the surface of the cotton cloth. Paul et al. [13] reported that
crude keratinase could effectively remove blood and egg yolk stains and can be added
to detergent products as a washing aid. In addition, the sewage used for washing does
not pollute water resources. Emran et al. [31] reported that alkaline protease is the most
commonly used protease in detergents because of its good thermal stability and compati-
bility with detergents. However, continuing research and development on detergents is
important to find proteases with better effects. Commercial keratinase and trypsin have
become promising choices. As a protease added to detergents, commercial keratinase is
a more promising option. Trypsin has better detergent effects but is limited by price and
production conditions and can be added to special detergents as appropriate.
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Table 1. Washing performance of protease on protein-fouling and blood-dirty cloths.

Washing Performance
Reflectivity (%)

Protein-Fouling Cloth Blood-Dirty Cloth

Before washing 13.23 ± 1.12 10.33 ± 1.0
Basal detergent 20.90 ± 0.56 26.20 ± 1.76

Alkaline protease 25.60 ± 0.59 25.20 ± 1.39
Keratinase 29.38 ± 0.79 29.58 ± 2.50

Trypsin 32.90 ± 1.90 41.08 ± 0.60
Weak alkaline protease 21.95 ± 0.75 18.43 ± 1.72

Neutral protease 19.10 ± 0.91 21.45 ± 2.10
Acid protease 20.85 ± 0.96 22.48 ± 2.12

Aminopeptidase 20.83 ± 0.51 19.93 ± 1.98
Flavour protease 23.90 ± 1.53 30.40 ± 0.71

The stain residue on the surface and interior of the protein fouling cloth and blood-dirty
cloth before cleaning and after protease washing was observed under an ultra-depth-of-
field microscope and a desktop scanning electron microscope (Figure 1). A large number of
stains were attached to the fiber surface and between the fibers before washing, and the
amount of residual stains on the surface and between the fibers of the experimental group
after washing with enzymes was significantly reduced, and the fibers were arranged loosely
and smoothly. The cleaning effect of the cloth after washing with trypsin and keratinase
was better than that after washing with alkaline protease.

The total reflectance of the protein-fouling cloth and blood-dirty cloth before and after
washing with different proteases was analyzed using FTIR in the wavenumber range of
500–4000 cm−1. McCutcheon et al. [26] reported that the special spectral characteristics
of protein detected by FTIR can reflect the residual protein stains on the surface of the
fabric and the interior of the fabric fiber. ATR-FTIR analysis before washing the dirty cloth
showed significant infrared absorption peaks at 1640 and 1526 cm−1, which represent
the two infrared absorption peaks in the protein-peptide bond C=O stretching vibration
absorption peaks and β-sheet conformation amide III band characteristic absorption band
(Figure 2). The area of absorption peaks at 1640 and 1526 cm−1 of the stained cloth washed
with enzymes was significantly reduced, indicating that protein stains were separated from
the cloth after being decomposed by enzymes. Alkaline protease, keratinase, and trypsin
can all decompose proteins to different degrees, but trypsin and keratinase were better than
alkaline protease in decomposing proteins.

Elemental analysis on the cloth was performed using XPS before and after washing
with alkaline protease, keratinase, and trypsin (Figure 3). The protein-fouling cloth and
blood-dirty cloth before washing showed obvious peaks at 398–400 eV, indicating that they
contain N elements. After washing with protease detergent, the peaks of N elements were
significantly reduced. This result indicates that the protein on the surface of the dirty cloth
was decomposed and removed by the proteases.

3.2. Evaluation of the Ability of Protease to Resist Stain Redeposition

The reaction solution was analyzed by SDS–PAGE (Figure 4), the molecular weight of
alkaline protease was approximately 30 kDa, and the molecular weight of keratinase was
approximately less than 15 kDa. After the reaction of protein stain and alkaline protease,
the molecular weight of the protein was concentrated in 50–80 kDa, and a small part of
the molecular weight was concentrated in 25–30 kDa. After the protein stain liquid was
hydrolyzed by keratinase, only a small amount of protein had a molecular weight of 30 kDa.
This result indicates that the protein-decomposing effect of keratinase is significantly better
than that of alkaline protease. The 4 U enzyme activity of trypsin was reacted with the
protein stain solution. The molecular weight of the protein after the reaction was less
than 25–35 kDa. The amount of trypsin added was much smaller than those of alkaline
protease and keratinase, but the protein stains were decomposed effectively. A comparison
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of the SDS-PAGE results with the application results showed that the protease with a better
washing effect could break down protein stains from large molecules into small molecules,
and the stains were easier to remove under the action of detergents.

 
Figure 1. Surface image of protein-fouling cloth. (a) Unwashed protein-fouling cloth (500×). (b) Protein-
fouling cloth after washing with alkaline protease (500×). (c) Protein-fouling cloth after washing
with keratinase (500×). (d) Protein-fouling cloth after washing with trypsin (500×). Surface image
of blood-dirty cloth (e) Unwashed blood-dirty cloth (500×). (f) Blood-dirty cloth after washing with
alkaline protease (500×). (g) Blood-dirty cloth after washing with keratinase (500×). (h) Blood-dirty cloth
after washing with trypsin (500×). SEM images of protein-fouling cloth before and after washing.
(i) Unwashed protein-fouling cloth (420×). (j) Protein-fouling cloth after washing with alkaline
protease (420×). (k) Protein-fouling cloth after washing with keratinase (420×). (l) Protein-fouling
cloth after washing with trypsin (420×). (m) Blood-dirty cloth after washing with keratinase (440×).
(n) Blood-dirty cloth after washing with trypsin (410×).
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Figure 2. Infrared spectra of dirty cloth before and after washing with different proteases. (A) Protein-
fouling cloth. (B) Blooddirty cloth.

Figure 3. X-ray photoelectron spectroscopy of dirty cloth before and after washing with different
proteases. (A) Protein-fouling cloth. (B) Blood-dirty cloth.

 
Figure 4. SDS-PAGE result graph. (A) M is Marker. (i) Protein stain and alkaline protease. (ii) Alkaline
protease and double-distilled water. (iii) Protein stain and keratinase. (iv) Keratinase and double-
distilled water. (v) Protein stain and alkaline protease and keratinase. (vi) Alkaline protease and
keratinase and double-distilled water. (vii) Protein stain and trypsin. (viii) Trypsin and double-
distilled water. (B) M is Marker. (i) Protein stain.

The bloodstains on the surface of the cloth treated with alkaline protease, keratinase,
and trypsin were compared (Figure 5). Protein molecular weights after treatment with
alkaline protease were 70 and 25 kDa. Bloodstains were deposited on the surface of the
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cloth, but the deposit was relatively reduced as the enzymatic hydrolysis time was pro-
longed. Bloodstains were analyzed after treatment with keratinase. The protein molecular
weights were mainly 50, 40, and 25 kDa. The bloodstains were deposited in the cloth piece.
As the enzymatic hydrolysis time was prolonged, the deposition gradually decreased.
Compared with the alkaline protease, there were less bloodstains deposited after the ker-
atinase hydrolysis. The solution was treated with trypsin precipitation, seen from the
electrophoresis pattern analysis, after 10 min, 20 min, and 30 min reactions. The protein
molecular weights were mainly 50 kDa, 22 kDa, 15 kDa, 10 kDa, and macromolecular
protein gradually reduced; after 40 min and 50 min reactions, protein molecular weight
was mainly concentrated below 10 kDa. Blood from the cloth sheet deposition of view was
observed, and the trypsin-treated blood was not deposited onto the fabric sheet again.

Figure 5. Deposition effect after the blood is decomposed by proteases. (A) Alkaline protease.
(B) Keratinase. (C) Trypsin. (i) Reaction 10 min. (ii) Reaction decomposition 20 min. (iii) Reaction
30 min. (iv) Reaction 40 min. (v) Reaction 50 min. (vi) No added protease.

3.3. Alkaline Protease and Detergent Auxiliary Washing Effect Test

The effect of detergents mixed with different detergent auxiliaries and alkaline protease
ratios to clean protein-soiled cloth and blood-dirty cloth was tested (Tables 2 and 3). The
evaluation criterion is whether the decontamination effect of the mixed detergent is better
than that of only the alkaline protease detergent. Better washing surfactants include sodium
alginate, FMEE, SNS-80, hyaluronic acid, APG [32], SOE, MES, and tea saponin. Water-
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softening agents with a better washing effect are 4A zeolite [33,34], sodium gluconate,
sodium tartrate, and sodium laurate. The ones that inhibit the effect of alkaline protease
are SKS-6, SiO2, and EDTA. Experimental results show that in the washing process of using
alkaline protease detergent, whether it is for protein or bloodstains, it can be mixed with
water-softening agent sodium gluconate, surfactant sodium alginate, FMEE, hyaluronic
acid, APG, MES, and tea saponin [35,36]. In addition, bloodstain washing can be mixed with
anti-deposition agent HPMC, sodium hydroxyethyl cellulose [37], sodium polyacrylate, and
PVA. SOE, SiO2, CMC, disodium maleate, PASP, PEG, EDTA, and EDTA exert inhibitory
effects on the protein decomposing effect of alkaline protease.

Table 2. Washing effect of different surfactants and water-softening agents mixed with alkaline
protease on dirty cloth.

Washing Performance
Reflectivity (%)

Protein-Fouling Cloth Blood-Dirty Cloth

Before washing 13.23 ± 1.12 10.78 ± 1.01
Basal detergent 20.90 ± 0.56 14.93 ± 1.30

Alkaline protease 25.60 ± 0.59 25.20 ± 1.39

Surfactant

APG 27.03 ± 0.46 24.50 ± 1.67
SOE 26.90 ± 1.70 21.98 ± 2.12
MES 26.90 ± 0.59 25.18 ± 0.86

SNS-80 28.55 ± 1.10 23.98 ± 2.32
FMEE 29.28 ± 2.00 30.15 ± 1.90

Sodium Alginate 28.58 ± 1.40 27.00 ± 0.76
Hyaluronic acid 25.40 ± 1.26 18.35 ± 1.94

Tea saponin 23.93 ± 1.52 24.48 ± 1.29

Water-softening agent

EDTA 18.86 ± 2.01 12.56 ± 1.31
SiO2 21.34 ± 0.28 12.64 ± 1.11

SKS-6 22.43 ± 1.25 14.79 ± 1.01
Sodium Tartrate 24.95 ± 0.68 14.64 ± 1.36
Sodium laurate 24.20 ± 1.39 16.65 ± 1.38

Sodium Gluconate 25.58 ± 1.01 16.69 ± 1.48
4A zeolite 26.71 ± 1.57 13.80 ± 1.28

Table 3. Washing effect of anti-redeposition agent mixed with alkaline protease on blood dirty cloth.

Washing Performance Reflectivity (%)

Before washing 10.78 ± 1.04
Basal detergent 14.93 ± 1.36

Alkaline protease 25.20 ± 1.39

Anti-redeposition agent

PASP 11.81 ± 1.13
PEG 11.43 ± 1.05
CMC 14.24 ± 1.32
PVA 15.06 ± 1.56

HPMC 24.40 ± 2.04
Sodium Hydroxyethyl Cellulose 21.18 ± 2.12

Sodium polyacrylate 19.14 ± 1.67
Disodium Maleate 13.18 ± 1.21

Cyclodextrin

α-cyclodextrin 26.04 ± 2.41
β-cyclodextrin 23.38 ± 2.05
γ-cyclodextrin 22.50 ± 2.08

Sulfobutyl-β-cyclodextrin 31.44 ± 0.47
Methyl-β-cyclodextrin 24.76 ± 2.49

2-hydroxypropyl-β-cyclodextrin 21.51 ± 1.99
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Adding cyclodextrin to the detergent can help remove blood stains. A variety of
cyclodextrins [38] mixed with alkaline protease can be used to wash blood-dirty cloth.
Results showed that the addition of α-cyclodextrin and β-cyclodextrin to alkaline protease
detergent was better than that of γ-cyclodextrin. The solubility of α-cyclodextrin and
β-cyclodextrin was not good (Table 3), and 2-hydroxypropyl-β-cyclodextrin showed better
water solubility than β-cyclodextrin. Adding sulfobutyl-β-cyclodextrin to the alkaline
protease detergent demonstrated a better washing effect, but it is currently mainly used in
the medical field and is expensive.

3.4. Trypsin, Keratinase, and Detergent Auxiliaries Washing Effect Test

The cleaning effect of a single alkaline protease is limited. The compatibility of
detergent auxiliaries suitable for alkaline protease with keratinase and trypsin must be
tested to improve protease compounding and compatibility with detergent auxiliaries. The
protein-fouling and blood-dirty cloths were washed after mixing the detergent auxiliaries
and trypsin (Table 4 (a)). The evaluation criterion is whether the washing effect of the mixed
detergent is better than that of the detergent only added with trypsin. Results showed that
the washing effect of the mixed detergent was better than that of only trypsin detergent.
The effect of washing a blood-dirty cloth with mixed detergent was not much different
from that of only adding trypsin detergent. Adding a detergent to trypsin detergent exerted
no obvious effect on washing blood-dirty cloths.

Table 4. Washing effect of detergent auxiliaries mixed with trypsin or keratinase on dirty cloths.

Washing Performance
Reflectivity (%)

(a) Trypsin (b) Keratinase

Protein-fouling cloth

Enzyme 32.90 ± 0.51 29.38 ± 1.53
Before washing 13.23 ± 1.12 13.23 ± 1.12
Basal detergent 20.90 ± 0.56 20.90 ± 0.56
Hyaluronic acid 32.45 ± 1.18 36.53 ± 3.55
Sodium Alginate 37.13 ± 1.80 40.35 ± 1.84

Sodium Gluconate 35.53 ± 2.01 38.83 ± 1.69
4A zeolite 32.68 ± 1.51 35.38 ± 1.47

Blood-dirty cloth

Enzyme 37.60 ± 0.88 25.20 ± 2.50
Before washing 10.78 ± 1.04 10.78 ± 1.06
Basal detergent 14.93 ± 1.37 14.93 ± 1.34

Sodium Hydroxyethyl Cellulose 35.85 ± 1.14 29.93 ± 1.37
Sodium Alginate 35.68 ± 1.60 26.43 ± 2.56
Hyaluronic acid 35.85 ± 0.17 24.40 ± 2.12

HPMC 35.78 ± 1.14 21.18 ± 2.10
Sodium polyacrylate 35.35 ± 0.31 27.75 ± 2.66

CMC 36.75 ± 1.05 28.68 ± 2.40

The protein-fouling and blood-dirty cloths were washed after mixing the detergent
auxiliaries and keratinase (Table 4 (b)). The evaluation standard is whether the cleaning
effect of the detergent after mixing is better than that of using only the keratinase detergent.
For washing protein stains, it can be mixed with sodium alginate, sodium gluconate,
hyaluronic acid, and 4A zeolite. For washing bloodstains, it can be mixed with sodium
hydroxyethyl cellulose and CMC, followed by sodium polyacrylate, sodium alginate,
hyaluronic acid, and HPMC.

3.5. Compound Protease Washing Test

The washing effect of alkaline protease alone is limited. Niyonzima et al. [39] reported
that using multiple enzymes to work together in the washing process can decompose and
remove stains efficiently. In this experiment, a compound detergent formula composed of
alkaline protease, keratinase, and trypsin was prepared, and the total enzyme activity of
each group of experiments was set to 80 U. In the experiment, the mixing ratios of alkaline
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protease and keratinase were 2:6, 4:4, 3:5, 6:2, and 1:7. Stain removal showed a slight
difference when alkaline protease and keratinase were added in different proportions to
the detergent during washing protein-soiled cloths. When the detergent alkaline protease
was mixed with keratinase at a ratio of 1:7, the effect was greatest in washing soiled cloths
with blood (Table 5).

Table 5. Cleaning effect of protease compound on protein-fouling cloth and blood-dirty cloth.

Washing Performance
Reflectivity (%)

Protein-Fouling Cloth Blood-Dirty Cloth

Alkaline protease 25.60 ± 0.59 25.20 ± 1.39
Keratinase 29.38 ± 1.53 25.20 ± 2.45

Alkaline Protease: Keratinase
6:2 30.71 ± 0.67 21.96 ± 2.12
4:4 30.33 ± 0.43 24.99 ± 2.45
3:5 30.57 ± 0.31 29.55 ± 2.80
2:6 30.11 ± 1.81 25.34 ± 2.39
1:7 36.28 ± 1.02 34.03 ± 0.62

(Alkaline protease + keratinase) + trypsin
75 + 5 35.78 ± 1.37 38.30 ± 1.14
70 + 10 40.38 ± 2.52 39.50 ± 0.71
65 + 15 36.73 ± 1.29 39.23 ± 1.40
60 + 20 34.10 ± 2.26 43.43 ± 0.51

The detergent added with trypsin exerted obvious washing effects on protein stains.
The addition amount of trypsin ranged from 5 U to 20 U. Each group to add 80 U enzyme
activities of protease, wherein the proportion of alkaline protease and keratinase added in
the detergent was set to 1:7. Four experimental groups had 5, 10, 15, and 20 U of trypsin
added. When the amount of trypsin added in the compound detergent was 10 U, the
effect of washing the protein-soiled cloth improved. When the addition amount of the
composite detergent trypsin was 5 U, the washing effect with bloodstains became more
pronounced (Table 6).

Table 6. Protease liquid detergent sample composition and ratio (%).

Sample Number A B C D

Polyethoxylated fatty alcohol 4 4 4 4
Sodium alcohol ether sulfate 2 2 2 2

Sodium dodecyl benzene sulfonate 8 8 8 8
Triethanolamine 0.5 0.5 0.5 0.5

Keratinase 0.35 0.35 0.35 0.35
Alkaline protease 0.01 0.01 0.01 0.01
Sodium Alginate 1 1 1 1

Sodium Gluconate 1 0 1 0
Sodium Carboxymethyl Cellulose 1 1 0 0
Sodium Hydroxyethyl Cellulose 0 0 1 1

4Azeolite 0 1 0 1
α-cyclodextrin 1 1 1 1

Anhydrous sodium citrate 0.5 0.5 0.5 0.5
Water Margin Margin Margin Margin

3.6. Comparison of the Effect of Detergent Products

Liquid detergents usually have surfactants, enzymes, water-softening agents, and
anti-redeposition agents added to improve their effect [40]. The current source of trypsin
is mainly extracted from animal tissues, which is relatively expensive. When the ratio of
alkaline protease and keratinase was set to 1:7, the washing effect can be close to the effect
of using only trypsin. Therefore, alkaline protease and keratinase were selected for the

37



Appl. Sci. 2022, 12, 150

compound experiment. One or two detergent auxiliaries, enzymes, and basal detergents
were combined to improve washing effects in the above experiments. Four liquid detergents
with the highest sales volume on the e-commerce platform and the mixed protease detergent
samples were selected to compare the effects and verify the decontamination performance
of the composite detergent. The whiteness value of the protein-fouling cloth washed
with formulas A, B, C, and D were significantly higher than the whiteness value of the
protein-fouling cloth after washing with the selected four commercial detergents. The
whiteness value of the blood-dirty cloths washed with formula B, C, and D were slightly
higher than that of samples 1 and 4 and was basically the same as that of samples 2 and 3.
The whiteness value of the blood-dirty cloths washed with formula A, B, C, and D were
slightly higher than the whiteness value of the -cloths after washing with the selected four
commercial detergents. Formula A exhibited stronger washing effects and detergency than
commercial detergents (Table 7, Figure 6).

Table 7. Cleaning effect of protease liquid detergent samples and commercial liquid detergents on
dirty cloth.

Washing Performance
Reflectivity (%)

Protein-Fouling Cloth Blood-Dirty Cloth

A 33.43 ± 0.51 38.08 ± 1.76
B 32.05 ± 2.13 36.38 ± 1.43
C 29.85 ± 1.73 35.83 ± 1.99
D 32.38 ± 1.41 37.55 ± 0.92

Sample 1 20.45 ± 1.63 31.15 ± 1.82
Sample 2 24.90 ± 0.52 35.30 ± 2.77
Sample 3 21.58 ± 0.54 36.03 ± 2.80
Sample 4 22.40 ± 1.34 32.82 ± 3.30

 

Figure 6. Surface image of protein-fouling cloth. (a) Unwashed protein-fouling cloth. (b) Protein-fouling
cloth after alkaline protease washing. (c) Protein-fouling cloth after keratinase washing. (d) Protein-
fouling cloth after trypsin washing. (e) Protein-fouling cloth after complex enzyme detergent.
(f) Protein-fouling cloth after commercial detergent. Surface image of blood dirty cloth. (g) Unwashed
blood-dirty cloth. (h) Blood-dirty cloth after alkaline protease washing. (i) Blood-dirty cloth after
keratinase washing. (j) Blood-dirty cloth after trypsin washing. (k) Blood-dirty cloth after complex
enzyme detergent. (l) Blood-dirty cloth after commercial detergent. Microscopic images of protein
stains after washing protein stains with protease liquid detergent. (m) Protein-fouling cloth after
washing (500×). (n) Blood-dirty cloth after washing (500×).
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4. Conclusions

Adding protease to detergents can remove protein stains. The washing performance
of different proteases was tested through the protein-fouling cloth model, and the dirty
cloth before and after washing was characterized and analyzed. The compound enzyme of
the protease selected in the experiment was more efficient in removing protein stains than
a single enzyme. Protein stains were disintegrated and peeled off, and stain redeposition
resistance was effective. By step-by-step matching with the protease, washing aids such as
sodium alginate, sodium gluconate, and sodium carboxymethyl cellulose were selected
to further improve the washing effect of the composite protease. Formula A exhibited
superior washing performance over common commercial detergents and, therefore, can
provide new product solutions for the expansion and development of washing products.
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Abstract: Glucose isomerase (GI, also known as xylose isomerase) reversibly isomerizes D-glucose
and D-xylose to D-fructose and D-xylulose, respectively. GI plays an important role in sugar
metabolism, fulfilling nutritional requirements in bacteria. In addition, GI is an important industrial
enzyme for the production of high-fructose corn syrup and bioethanol. This review introduces the
functions, structure, and applications of GI, in addition to presenting updated information on the
characteristics of newly discovered GIs and structural information regarding the metal-binding active
site of GI and its interaction with the inhibitor xylitol. This review provides an overview of recent
advancements in the characterization and engineering of GI, as well as its industrial applications,
and will help to guide future research in this field.

Keywords: glucose isomerase; xylose isomerase; high-fructose corn syrup; HFCS; bioethanol; structure

1. Introduction

Glucose isomerase (GI, EC 5.3.1.5; also known as D-xylose ketol isomerase, xylose
isomerase (XI), xylose ketoisomerase, and xylose ketol-isomerase) is widely distributed
in bacteria, actinomycetes, fungi, and plants [1,2]. This enzyme is an intramolecular
oxidoreductase that can interconvert aldoses and ketoses. GI occupies a pivotal position
with respect to its physiological role and commercial applications [3]. It is one of the three
most commonly produced industrial enzymes, along with amylase and protease [2,3]. In
particular, this enzyme is extensively used in the industrial production of high-fructose
corn syrup (HFCS) [2]. Moreover, the bioconversion of xylose to ethanol by GI is important
for the production of bioethanol from hemicellulose [4]. In this review, I introduce the
molecular function, structural characteristics, and industrial applications of GI and describe
the recent crystallographic results related to GI structure.

2. Function

2.1. Substrate Specificity

Glucose/xylose isomerase (GI/XI) is known to catalyze the reversible isomerization
of D-glucose and D-xylose to D-fructose and D-xylulose, respectively (Figure 1).

Figure 1. Catalytic reaction of glucose isomerase. Reversible isomerization between (a) D-glucose
and D-fructose, and (b) D-xylose and D-xylulose.

In addition to its natural substrates, GI can isomerize various pentoses, hexoses, sugar
alcohols, and sugar phosphates. It exhibits activity against a broad spectrum of sugar
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substrates, including D-ribose [5], L-rhamnulose [6], L-arabinose [7], and D-allose [8],
although the substrate specificity of GIs can vary depending on the source strain or organ-
ism [1]. For example, GI from Streptomyces griseofuscus S-41 shows isomerase activity on
D-glucose (activity 100%) and D-xylose (287%) as well as on D-ribose (20%) [5]. The GI
from Streptomyces rubiginosus exhibits activity on L-arabinose, in addition to D-glucose and
D-xylose [7]. L-arabinose is widely used in food products with a low glycemic index, and
in pharmaceutical and chemical industries [9]. The commercially available immobilized
GI from Streptomyces murinus (SmGI) has previously been used to produce L-rhamnulose
(6-deoxy-L-sorbose) from 300 g L−1 L-rhamnose in a packed-bed reactor, with a 45% con-
version yield [6]. L-rhamnulose plays an important role in sugar metabolism and has wide
applications in the flavor industry [6,10]. Furthermore, SmGI has been employed to pro-
duce D-allose from D-allulose in a packed bed reactor [11]. At the optimal conditions of pH
8.0 and 60 ◦C, SmGI produced an average of 150 g/L D-allose over 20 days from 500 g/L
D-allulose as the substrate (productivity of 36 g/L/h). D-allose is a rare sugar used as a
non-caloric and non-toxic sweetener [8]; it has attracted increasing research interest owing
to its beneficial medical properties, including anti-cancer, anti-oxidant, anti-inflammatory,
and anti-hypertensive effects [11]. Moreover, SmGI can isomerize D-glucose, D-xylose,
D-ribose, and L-rhamnose to D-fructose, D-xylulose, D-ribulose, and L-rhamnulose, respec-
tively [11]. Thus, besides their normal ability to interconvert D-glucose/D-fructose and
D-xylose/D-xylulose, GIs can also produce rare sugars that are used in food or medicinal
products. GIs from various species could be developed for industrial applications by
exploiting their intrinsic substrate specificity for the isomerization for rare sugars.

2.2. Metal Ions

GI requires divalent cations as cofactors for its isomerization activity [12]. Typically,
GI is known to exhibit the highest activity in the presence of divalent metal ions such as
Mg2+, Mn2+ and Co2+; however, the specific metal ion requirement can vary depending on
the source of the enzyme. For example, the GI from Bacillus coagulans shows the maximum
enzyme activity in the presence of Mg2+ or Mn2+ [13], and Mn2+ is the most favorable
ion for catalytic activity of the GI from Piromyces sp. E2 [14]; in contrast, the GI from the
Streptomyces strain YT-5 prefers Co2+ [15]. Moreover, using a combination of these divalent
metal ions has been shown to further enhance the isomerization activity. For example, the
activity of EDTA-treated GI from Streptomyces sp. CH7 was reportedly increased by 3.6-,
2.8-, and 2.1-fold in the presence of 1 mM Mg2+, Mn2+, and Co2+, respectively, compared to
its activity in the absence of any metal ions [16]. However, the enzyme activity increased
6.2-fold and 44.2-fold in the presence of the combinations 1 mM Mg2+ and 0.1 mM Co2+,
and 10 mM Mg2+ and 0.1 mM Co2+, respectively [16]. Thus, during optimization, it is
important to measure GI activity not only with one metal ion, but also with a combination of
several metal ions. In general, Mg2+ and Mn2+ act as GI activators, whereas Co2+ acts as a
protein stabilizer, maintaining the ordered conformation in the quaternary structure of GI [1].

2.3. Reaction Mechanism

The catalytic reaction of GI occurs in three major steps: (i) ring opening, (ii) isomeriza-
tion, and (iii) ring closure [17] (Figure 2). The action of GI has been attributed to a hydride
shift mechanism, based on results from several studies employing chemical modification,
X-ray crystallography, and isotope exchange methods [18–20]. Accordingly, it is proposed
that the substrate at the active site of GI exists in an open ring state, and a closed ring form
product is created after isomerization via a hydride shift from C2 to C1 [18–20]. During
this process, a conserved histidine residue catalyzes the proton transfer from O1 to O5.
Crystallographic studies have shown that, during its isomerization, xylose initially binds
to the enzyme in an open chain conformation. The GI structure contains two sites (M1
and M2) for metal binding. The metal ion at the M1 site binds to O2 and O4 of the xylose
molecule, and once bound, the metal ion at the M2 site binds to O1 and O2 in the transition
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state. These interactions, along with a conserved lysine residue, help catalyze the hydride
shift necessary for isomerization [18–20].

Figure 2. Isomerization mechanism of GI. (a) Three major steps involved in the configuration change
from D-glucose to D-fructose catalyzed by GI. (b) Hydride shift mechanism of GI.

3. Structure

3.1. Overall Structure

The first crystal structure of GI was reported from Streptomyces rubiginosus at a 4 Å
resolution in 2001 [21]. To date, more than 120 crystal structures of GI/XIs from various
species, such as S. rubiginosus, Arthrobacter sp. NRRL B3728, Piromyces sp. E2, Actinoplanes
missouriensis, Streptomyces olivochromogenes, Streptomyces diastaticus, Streptomyces sp. F-1,
Streptomyces sp. SK, Bacteroides thetaiotaomicron VPI-5482, Geobacillus stearothermophilus,
Paenibacillus sp. R4, Streptomyces albus, S. murinus, Thermoanaerobacterium thermosulfurigenes,
Thermotoga neapolitana, Thermus caldophilus, and Thermus thermophilus HB8, have been
elucidated and deposited in the Protein Data Bank (PDB, www.rcsb.org). These include
more than 100 crystal structures of the GI from S. rubiginosus; however, many of these
structures have been solved and used only as model samples for the development of various
X-ray technologies or studying radiation damage, because the GI from S. rubiginosus exhibits
high-quality diffraction intensity [22–29].

Structurally, GI consists of a TIM barrel-like domain and an extended α-helix domain
(Figure 3A,B) which are assembled into a functional tetramer (Figure 3C) [21]. The substrate-
binding pocket is formed by two protomers and the GI active site is located on the TIM-
barrel fold (Figure 3C). The GI exists as a tetramer with 222 crystallographic symmetry [30]
and includes four active sites for substrate isomerization.

Figure 3. Crystal structure of the GI from Streptomyces rubiginosus (SruGI). (a) GI protomer consists of
a TIM-barrel domain and an extended α-helical domain. (b) The extended α-helical domain interacts
with the TIM barrel domain from neighboring GI molecule. (c) Tetrameric GI shows 222 symmetry.
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The typical GI active site contains two sites, M1 and M2, for metal binding. M1 and
M2 are referred to as the structural metal and catalytic metal sites, respectively [31], as the
metals bound at the M1 and M2 sites are involved in the substrate binding and isomerization
mechanism, respectively. In S. rubiginosus, the metal at the M1 site is coordinated by Glu181,
Glu217, Asp245, and Asp287, and the metal at the M2 site binds the protein via Glu217,
His220, Asp255, and Asp257. These metal-bound amino acids are conserved across the GI
family [32,33] (Figure 4).

Most of the crystal structures of GI are bound to the metal ions Mg2+, Mn2+, or Co2+,
which are involved in the isomerase activity [1]. However, some GI crystal structures
are known to contain biologically less related metal ions in their active sites [34,35]. For
example, in the crystal structures of GIs from S. rubiginosus (PDB code: 4W4Q) [36], Paeni-
bacillus sp. R4 (PDB code: 6INT) [34], and Piromyces (6T8E) [35], Ca2+ is located in the
M1 and M2 sites of the active site, although enzyme activity in the presence of Ca2+ has
not been verified. In addition, in some crystal structures, the metal ion was placed in a
position other than at the M1 and M2 sites [37]. Thus, metal ions in the crystal structures of
GI require verification through biochemical experiments or X-ray analysis; additionally,
precise analysis of electron density is required to confirm their position and involvement in
GI substrate binding and activity.

Figure 4. Amino acid sequence alignment of GIs from Streptomyces rubiginosus (UniProt Accession:
P24300), Arthrobacter sp. NRRL B3728 (P12070), Piromyces sp. E2 (Q9P8C9), Actinoplanes missouriensis
(P12851), and Streptomyces olivochromogenes (P15587). Residues involved in metal binding at the M1
and M2 sites are indicated by red and blue triangles, respectively. Alignment was performed using
Clustal Omega [38] and displayed using Espript [39].
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3.2. Metal-Binding State at the GI Active Site

With regard to metal binding, the active site of GI can exist in three different states: (i) two-
metal-binding state, (ii) one-metal-binding state, and (iii) metal free-state (Figure 5) [23,33,40].
Although GI crystal structures exhibit different metal-binding states at their active site,
the overall GI fold is almost similar, indicating that metal binding does not influence the
overall protein folding [40].

Figure 5. Three different metal-binding states in the active site of the GI from Streptomyces rubiginosus
(SruGI). (a) Two-metal-binding mode (PDB code: 6IRK), (b) one-metal-binding mode (PDB code:
5Y4I), and (c) metal-free state of SruGI (PDB code: 7CJP).

In the two-metal- binding state of GI, the M1 and M2 sites at active site are occupied by
divalent metal ions such as Mg2+, Mn2+, and Co2+, and the differences in enzyme activity
occur depending on the metal occupying the active site [41,42]. In the crystal structure
of the GI from S. rubiginosus, determined via cryo-crystallography, the metal ion at the
M1 site is coordinated by Glu181, Glu217, Asp245, and Asp287, as well as the glycerol
or ethylene glycol molecule, which is used as a cryoprotectant [33,40]. Meanwhile, in the
room-temperature structure of S. rubiginosus GI, the metal ion at the M1 site is coordinated
by the conserved metal-binding residues and water molecules [23,37], and the metal ion at
the M2 site is coordinated by the conserved Glu217, His220, Asp255 (binate interaction),
Asp257, and water molecules. The distance between the metal-binding residues and the
metal is shorter at the M1 site than at the M2 site, indicating that the M1 site has tighter
metal–protein interactions than the M2 site.

In the one-metal-binding mode of GI, the metal ion exists only at the M1 site involved
in substrate recognition [33], indicating the higher affinity of the M1 site for metal binding
than the M2 site. This result is consistent with the tighter interaction previously observed
between the metal-binding residues and the metal at the M1 site, than the interaction at the
M2 site [37]. In the one-metal-binding mode, the sugar substrate or inhibitor can interact
with the metal ion at the M1 site [33]. However, isomerization activity through a hydride
shift mechanism cannot occur due to the absence of a metal ion at the M2 site, leading to an
inactive state of GI.

In the metal-free state of GI, no metal is found at both the M1 and M2 sites [40]. In
this state, the substrate cannot bind to the active site because neither the metal binding to
the M2 site involved in the isomerization activity nor the metal of the M1 site to which the
substrate binds exist. In the metal-free state, conformation changes in conserved metal-
binding residues occur within 1 Å despite the absence of metal ions at the two metal
sites [40]. This is attributed to stabilization of the position of the metal-binding residues
by the neighboring residues around the active sites (Glu181 *-Asn215, Glu217 *-Asn247,
His220 *-Pro182, Asp245 *-Asn215, Asp245 *-His285, Asp255 *-Lys183, Asp257 *-Asn247,
Asp257 *-Lys289, and Asp287 *-Trp16; metal-binding residues are indicated by an asterisk),
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which helps them maintain their positions without large conformational changes [40].
Accordingly, the metal-free state exhibits a minimum open configuration for the metal to
perceive and bind to the sites [40]. Based on the existing biochemical knowledge, this study
proposed that, when combining with GI in a metal-free state, the metal first binds to the
M1 site and then is filled in the M2 site.

3.3. Xylitol Binding to the Active Site of GI

Structure-based inhibitor studies of GI are helpful for industrial applications such as
HGFS and bioethanol production [37], by identifying the parameters of enzyme engineering
to prevent product inhibition. The isomerase activity of GI can be inhibited by some divalent
cations such as Ca2+, Cu2+, Zn2+, Ni2+, Ag2+, and Hg2+ [1]. In addition, molecules such as
xylitol, arabitol, sorbitol, mannitol, lyxose, and Tris also inhibit GI activity [43]. However,
the mechanism of GI inhibition by these compounds remains largely unclear.

Among these compounds, the inhibition of the activity of GI by xylitol, which is a
structural analogue of xylose, has been well studied [44,45]. To date, six crystal structures
of xylitol-bound GI have been deposited in PDB (PDB code 1XIG, 2XIS, 3GNX, 4DUO, 5Y4J,
and 7DFK) [31,33,37,46,47]. All these structures reveal that the xylitol molecule binds at the
M1 site in the active site of GI. Three oxygen (O2, O3, and O4) atoms from xylitol interact
with the metal ion at the M1 site, and the metal ion is stabilized by octahedral coordination,
by the metal-interacting residues of the enzyme, and the xylitol molecules [31,33,37,46,47].
Therefore, xylitol binding in the M1 site prevents substrate access to the metal ion. The
crystal structure of one-metal-binding mode of GI shows that the metal ion at the M2 site is
not essential to facilitate xylitol binding to the M1 site [33]. Furthermore, xylitol binding to
the M1 site stabilizes the geometry of the metal-binding sites.

Meanwhile, the xylitol-bound GI structure shows a high B-factor value of the metal
ion at the M2 site, although the reason for this observation remains unknown. A recently
obtained room-temperature structure of xylitol-bound GI via serial crystallography revealed
a correlation between xylitol binding and low metal occupancy at the M2 site [37]. In
native GI, the M1 site shows a distorted octahedral coordination, but it is geometrically
stabilized upon xylitol binding to the metal at the M1 site [37] (Figure 6A). This causes a
rearrangement of the conformation of metal-binding residues in the M2 site (Figure 6C).
This induces the distortion of metal coordination at the M2 site, leading to the release of
the unstable coordinated metal ion from the M2 site [37]. This metal release induces further
conformational changes in the neighboring residues (Figure 6C). Since the metal ion at
the M2 site involved in isomerization activity is released as a result of xylitol binding, an
additional catalytic metal ion has to be added for an isomerization reaction in industrial
applications after the release of xylitol.

Figure 6. Proposed mechanism of xylitol-induced release of metal at the M2 site of GI. (a) Xylitol-
bound state of GI. (b) Rearrangement of xylitol-binding residues. (c) Release of metal ion from M2
site of GI.
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4. Application of GI

4.1. High-Fructose Corn Syrup (HFCS)

Owing to its beneficial properties, including a high solubility at low temperature, a
lower tendency to crystallize than sucrose, and a high freezing point depression, fructose
is widely used in the manufacture of ice cream and frozen desserts to influence taste and
texture [48]. Fructose is also used in the production of cake, biscuits, bread, and other
confectionery products [49,50]. Moreover, fructose increases the shelf-life of food products,
with its high osmotic pressure in solution, making it a better preservative against microbial
growth than sucrose syrup [51]. Additionally, fructose is used in the pharmaceutical
industry to manufacture diabetes medicine, as it does not influence the blood levels of
glucose and insulin [52].

HFCS is an equilibrium mixture of glucose and fructose, which has the advantages of
sweetness, low cost, and high solubility [53]. Depending on the fructose content, HFCS can
be classified as HFCS-42 (42% fructose, 53% glucose, and 5% polysaccharide), HFCS-55 (55%
fructose, 42% glucose, and 3% polysaccharide), and HFCS-90 (90% fructose, 9% glucose
and 1% polysaccharide) [54]. Among them, HFCS-55 is the most commonly used, with its
commercial production involving several processes such as chromatography, purification,
and concentration [55].

HFCS is widely applied in the food, detergent, and pharmaceutical industries [56].
Although glucose can be converted to fructose using a chemical process for HFCS produc-
tion, this chemical reaction is non-specific and leads to the formation of non-metabolizable
sugars [4]. In contrast, GI catalyzes the isomerization of glucose to fructose with excellent
specificity, which is critical for the industrial production and application of HFCS [4].

As GI exhibits a reversible isomerization activity, a thermodynamic equilibrium exists
in the isomerization reaction between glucose and fructose [57]. The rate of the enzymatic
conversion of glucose to fructose can be increased by increasing the reaction tempera-
ture; therefore, using a highly thermostable GI capable of sustained operation at high
temperatures is critical for one-step HFCS production [57].

Brown et al. reported a GI from the thermophilic eubacterium Thermotoga maritima
(TmaGI) [58], which is produced when the bacterium is grown in the presence of xylose.
TmaGI requires the metal cations Co2+ and Mg2+ for enzyme activity [58]. This enzyme
prefers xylose as a substrate and is most active at pH 6.5–7.5. TmaGI displays the maximum
activity at an optimum temperature of 105 to 110 ◦C, and its half-life is approximately
10 min at 120 ◦C and pH 7.0. TmaGI is a promising candidate for improving the efficiency
of the industrial glucose isomerization process, as it exhibits optimal pH from neutral to
slightly acidic, as well as a high thermostability [58].

Deng et al. reported the characterization of GI from Thermobifida fusca WSH03-11
(TfuGI) [59]. TfuGI displayed the maximum activity at an optimum temperature of 80 ◦C,
with a half-life of approximately 2 h at 80 ◦C or 15 h at 70 ◦C. TfuGI was the most active
at pH 10 and retained 95% of its initial activity after incubation at pH 5–10 and 4 ◦C for
24 h. Analysis of TfuGI enzyme kinetics revealed the Km and kcat values to be 197 mM
and 1688 min−1, respectively [59]. TfuGI was able to convert glucose (45% w/v) to fructose,
with a maximum conversion yield of 53% at pH 7.5 and 70 ◦C.

Jia et al. have characterized GIs from Thermoanaerobacterium xylanolyticum (TxyGI),
Thermus oshimai (TosGI), Geobacillus thermocatenulatus (GthGI), and Thermoanaerobacter
siderophilus (TsiGI) [60]. These enzymes were identified using a genome mining approach
for their potential application in manufacturing HFCS at elevated temperatures with a
low cost of enriching syrups. Among these enzymes, TosGI showed the highest catalytic
efficiency toward D-glucose, along with superior thermostability. The optimum tempera-
ture of TosGI was 95 ◦C, and it retained more than 80% of its activity after 48 h at 85 ◦C
in the presence of 20 mM Mn2+ [60]. The kinetic parameters Km and kcat/Km of TosGI
were calculated to be 81.46 mM and 21.77 min−1 mM−1, respectively [60]. TosGI achieved
a maximum yield of 52.16% for the conversion of D-glucose (400 g/L) to D-fructose at
85 ◦C [60].
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The GI from Caldicellulosiruptor bescii (CbeGI), characterized by Dai et al. [57], exhibited
the maximum activity at pH 7.0 and 80 ◦C and retained good thermostability at 85 ◦C.
CbeGI showed affinity for D-glucose, with a Km of 42.61 mM, and a conversion efficiency
up to 57.3% with 3 M D-glucose [57]. The high catalytic efficiency and affinity of CbeGI
make it a valuable enzyme for the direct production of 55% HFCS.

Vieille et al. reported the characterization of GI from the hyperthermophile T. neapoli-
tana 5068 (TnGI) [61]. The optimal temperature of TnGI was above 95 ◦C and the optimum
pH was 7.1, but the enzyme also showed high activity over a wide pH range. Kinetics
studies showed that the catalytic efficiency (kcat/Km) of TnGI remained constant between
60 and 90 ◦C; however, the catalytic efficiency decreased between 90 and 98 ◦C, primarily
because of a large increase in Km [61]. TnGI had a higher turnover number and a lower
Km for glucose compared to other thermophilic GIs [61]. Taken together, thermophilic
GIs exhibit various activities according to the species of origin and are expected to be
extensively applied in industrial HFCS production.

4.2. Ethanol Production

The bioconversion of a renewable biomass into ethanol is attractive in view of the rapid
depletion of fossil fuels [62]. GI can catalyze the isomerization of xylose derived from hemi-
cellulosic biomass to xylulose, which can be fermented to ethanol by conventional yeast
such as Saccharomyces cerevisiae, Schizosaccharomyces pombe, and Candida tropicalis [63–65].
This property of GI is attractive for the application in bioethanol production because no
coenzyme is required and no intermediates are produced during the reaction [66]. How-
ever, the typical ethanol production process is plagued by low efficiency, owing to the
low conversion yield of xylose to ethanol [67]. The GI enzyme engineering and strain
improvement approaches have been explored to improve the conversion yield of xylose to
ethanol [1,65,68]. The engineering of yeast strains that exhibit faster xylose metabolism is
important in pursuing strain improvement for bioethanol production [69,70].

Ko et al. evaluated the performance of SXA-R2P-E, an engineered isomerase-based
xylose-utilizing S. cerevisiae strain, for co-fermentation of xylose and glucose to ethanol [65].
SXA-R2P-E produced 50g/L ethanol (yield of 0.43 g ethanol/g sugar) in 72 h via a high-
sugar fermentation process (70 g/L glucose and 40 g/L xylose). This strain also produced
18-21 g/L ethanol (yield of 0.43–0.46 g ethanol/g sugar) from acid-pretreated lignocellulosic
hydrolysates such as rice straw and hardwood [65].

Seike et al. reported improved xylose fermentation through XI expression in the
xylose-utilizing S. cerevisiae strain IR-2, which has a deletion of the GR3 gene (encoding an
endogenous xylose reductase) and overexpresses XK21 (encoding an additional xylulose
kinase). Evolutionary engineering was performed in the IR-2 strain to select high-efficiency
XIs from eight previously reported XIs derived from various species [68]: Burkholderia
cenocepacia J2315 [71], Lachnoclostridium phytofermentans ISDg (LpXI) [67], Orpinomyces sp.
ukk1 [72], Piromyces sp. E2 [73], Prevotella ruminicola TC2-24 [74], Ruminiclostridium cellu-
lolyticum H10 [75], Ruminococcus flavefaciens 17 [76], and S. rubiginosus [77]. Among them,
the strain expressing LpXI exhibited the highest D-xylose consumption rate after 72 h of
micro-aerobic fermentation on D-glucose and D-xylose mixed medium [68]. Furthermore,
to enhance the LpXI catalytic activity, the authors performed random mutagenesis us-
ing an error-prone polymerase chain reaction and obtained two enzyme constructs with
improved fermentation performances [68]. The SS120 strain, expressing double mutant
LpXI (T63I/V162A), produced 53.3 g/L ethanol in 72 h (ethanol yield of approximately
0.44 (g/g-input sugars) from 85 g/L D-glucose and 35 g/L D-xylose [68].

XI enzyme engineering is another approach that has been employed to increase the
efficiency of bioethanol production by accelerating xylose metabolism [68,78]. For example,
the XI from the fungal strain Piromyces sp. E2 (PirXI) is employed for xylose isomerization in
engineered S. cerevisiae strains but has low activity in vivo. To improve the performance of
PirXI, Lee et al. constructed a mutant library by substituting residues around the substrate
and metal-binding sites of the enzyme [35]. PirXI variants were obtained by transferring
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the library to S. cerevisiae, followed by in vivo selection for enhanced xylose-supported
growth under aerobic and anaerobic conditions. In particular, in the presence of Mg2+ or
Mn2+, the Km of PirXI-V270A/A273G variant for xylose was higher, and the kcat was lower
than the corresponding values for wild-type PirXI [35].

Thus, further efforts to engineer GI/XI for a high xylose conversion rate through rational
engineering or directed evolution are still needed, and applied research should be performed
through in vivo studies on improved strains to enable efficient bioethanol production.

5. Perspective

In addition to its biological importance, GI is an industrially important enzyme that
is applied in HFCS and bioethanol production. Although biochemical and structural
studies have been conducted on GIs from various organisms, many GIs still need to be
identified from the protein database. The development of more efficient GI-based industrial
processes requires extensive biochemical analysis and engineering of novel GIs. In addition,
it will be necessary to analyze not only in vitro enzymatic activity, but also the industrial
performance of GI using whole cell systems. On the other hand, structural studies on the
inhibition of GI activity by various metals, sugars, and other inhibitors should be conducted
to help better modulate GI activity and enhance the enzyme performance during industrial
application. Furthermore, it is necessary to understand the dynamical structural changes
occurring in GI to aid enzyme engineering efforts, as most GI structures currently collected
in cryogenic environments have only provided limited knowledge with regard to flexibility.
The recently developed serial crystallography technique provides information regarding
the molecular fluidity of proteins at room temperature, and future studies of molecular
fluidity based on the room-temperature crystal structures will provide useful information
for GI enzyme engineering.
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Abstract: L-Fucose isomerase (L-FucI)-mediated isomerization is a promising biotechnological
approach for synthesizing various rare sugars of industrial significance, including L-fucose. Ex-
tremozymes that can retain their functional conformation under extreme conditions, such as high
temperature and salinity, offer favorable applications in bioprocesses that accompany harsh condi-
tions. To date, only one thermophilic L-FucI has been characterized for L-fucose synthesis. Here, we
report L-FucI from Halothermothrix orenii (HoFucI) which exhibits both halophilic and thermophilic
properties. When evaluated under various biochemical conditions, HoFucI exhibited optimal ac-
tivities at 50–60 ◦C and pH 7 with 0.5–1 M NaCl in the presence of 1 mM Mn2+ as a cofactor. The
results obtained here show a unique feature of HoFucI as a polyextremozyme, which facilitates the
biotechnological production of L-fucose using this enzyme.

Keywords: L-fucose isomerase; L-fucose; L-fuculose; extremophile; halothermophilic bacteria;
Halothermothrix orenii

1. Introduction

L-Fucose isomerase (L-FucI) is a ketol isomerase that mediates the reversible reaction
between L-fucose and L-fuculose (Figure 1) [1–3]. Biologically, L-FucI is involved in the
initial process of L-fucose catabolism in various bacteria, in which L-fucose obtained from the
environment is converted into L-fuculose, eventually leading to the synthesis of L-lactaldehyde,
a metabolically important intermediate, through successive reactions [4]. In addition to
L-fucose, L-FucI can metabolize D-arabinose due to its structural similarities [1,2,5,6].

Figure 1. A scheme for interconversion between L-fucose and L-fuculose catalyzed by HoFucI.

In vitro assays have demonstrated that L-FucI-mediated catalysis is not limited to
the interconversion between L-fucose–L-fuculose and D-arabinose–D-ribulose; the enzyme
is also involved in various isomerization reactions, such as reactions between D-altrose–
D-psicose and L-galactose–L-tagatose [6]. Owing to its promiscuous activities, L-FucI is
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considered to be a biotechnologically useful enzyme for producing rare sugars of industrial
significance. Among them, L-fucose is of particular interest due to its diverse bioactive
properties, such as anti-inflammatory, antitumor, immune-enhancement, skin-whitening,
and skin-moisturization properties, that are beneficial to humans [7–9]. Although widely
occurring in nature in the form of bacterial exopolysaccharides, brown seaweed polysac-
charides (i.e., fucoidan), and human milk oligosaccharides, it does not meet the industrial
demands to directly acquire L-fucose from natural sources [10–12]. Conventional chemical
synthesis is also industrially incompatible as it is a time-consuming and labor-intensive
multistep process [13,14]. More importantly, the chemical method utilizes toxic reagents,
which contradicts the consumer’s call for the use of “natural” products. Alternatively,
biocatalysts based on either enzymes or whole cells can provide a more efficient and
eco-friendly method for L-fucose synthesis. The in vitro L-FucI-based biosynthetic routes
for L-fucose known to date are directed towards L-fuculose production as the main pre-
cursor, which is subsequently converted into L-fucose by L-FucI [15,16]. Although it is
more expensive than L-fucose, strategies to obtain L-fuculose from cheap and common
sugars using chemical or enzymatic methods have already been established [15,16]. Thus,
L-FucI-mediated L-fucose production utilizing L-fuculose as the substrate is a key target for
investigation. Previously, we identified and characterized two L-FucIs from Raoultella sp.
(RdFucI) [2] and Thermanaeromonas toyohensis (TtFucI) [3], demonstrating the applicability
of L-FucI for L-fucose synthesis using L-fuculose.

Extremozymes are considered favorable in bioprocesses in the sugar, food, and phar-
maceutical fields, which usually accompany high temperatures and high salt concentrations
because they are stable and more active under harsh conditions. Such robust enzymes are
generally sourced from organisms that have adapted to extreme environments, such as
extremely hot and/or saline habitats. To date, three extremo-(thermophilic) L-FucIs (TtFucI,
CsFucI from Caldicellulosiruptor saccharolyticus, and DtFucI from Dictyoglomus turgidum)
have been characterized [3,5,6,17]. However, only TtFucI has been evaluated for L-fucose
synthesis [3]. Therefore, it is of great importance to identify novel extremo- L-FucIs that
could offer great advantages in industrial applications.

Halothermothrix orenii is a true anaerobic polyextremophile isolated from the Tunisian
salt lake in the Sahara Desert [18]. Owing to its ability to thrive under dual extreme
conditions, that is, high temperature and high salinity, with optimal growth at 60 ◦C and
1.7 M NaCl, it is classified as a halothermophile [18,19]. Polyextremophilic organisms are
very rare and unique in nature, as they have evolved to develop clever strategies to adapt
to more than two severe conditions. Accordingly, H. orenii could serve as a useful source of
enzymes with beneficial features for industrial applications. Indeed, the genome of H. orenii
revealed the presence of genes encoding enzymes of biotechnological significance, such as
those associated with carbohydrate saccharification and metabolism of sugars, including
L-fucose [18,19]. In this study, we identified L-FucI from H. orenii (HoFucI) and performed
its functional characterization for L-fucose synthesis under various biochemical conditions,
such as NaCl, temperature, pH, and metal ions, to explore its unique molecular features.
The results obtained from this study will not only offer insights into the fundamental
knowledge of extremozymes, but also allow the biotechnological production of L-fucose
and other valuable rare sugars using HoFucI.

2. Materials and Methods

2.1. Expression and Purification of HoFucI

The gene encoding HoFucI was synthesized (Bioneer, Daejeon, Korea) and cloned into
pET28a(+) as an expression vector. The vector containing the synthetic HoFucI gene was
transformed into competent Escherichia coli BL21 (DE3) cells, which were grown at 37 ◦C
on lysogeny broth (LB)-agar plates containing 50 μg/mL of kanamycin for the selection
of transformants. E. coli transformants containing the HoFucI gene were cultivated in
the LB medium containing 50 μg/mL of kanamycin at 37 ◦C. When the optical density
at 600 nm (OD600) reached 0.6–0.8, the expression of recombinant HoFucI was induced
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by adding 0.5 mM isopropyl-β-d-1-thiogalactopyranoside to the medium, and the cells
were further cultivated at 18 ◦C and 180 rpm overnight. After centrifugation at 4500× g
at 4 ◦C for 20 min, the collected cells were resuspended in buffer A (50 mM Tris-HCl,
200 mM NaCl, and 10 mM imidazole; pH 8.0) and disrupted using an ultrasonicator to
extract the intracellular proteins. Total cell lysates were centrifuged at 25,188× g at 4 ◦C
for 30 min, and the supernatant containing the crude protein extract was loaded onto
a His-Trap column pre-equilibrated with buffer A (GE Healthcare, Chicago, IL, USA). The
HoFucI protein was purified using immobilized metal ion affinity chromatography. After
thoroughly washing the column to remove the non-specifically bound proteins with buffer
A, the bound protein was eluted with buffer B composed of 50 mM Tris-HCl, 200 mM
NaCl, and 300 mM imidazole (pH 8.0). For further purification and determination of the
oligomeric state of the native enzyme, the eluted protein fractions were concentrated and
subjected to size-exclusion chromatography using a HiPrepTM 16/60 Sephacryl S-200 HR
column (GE Healthcare), with a buffer composed of 20 mM sodium phosphate and 200 mM
NaCl (pH 7.0) as the mobile phase.

2.2. Enzyme Assay

Generally, enzymatic reactions were performed in a 20 mM sodium phosphate (pH 7.0)
buffer containing 1 mM Mn2+ as the cofactor and 0.5 M NaCl. Purified HoFucI (7 μg) was
incubated with 10 mM L-fuculose at 60 ◦C for 5 min. The amount of L-fucose obtained from
the enzymatic reactions was measured using the K-FUCOSE assay kit (Megazyme, Bray,
Co. Wicklow, Ireland), according to the manufacturer’s instructions. The experimental
data represent the means ± standard deviations. Enzyme activity was represented by
specific activity (U/mg) where one unit (U) was defined as the amount of purified HoFucI
enzyme required to yield 1 μmol of L-fucose per min from 10 mM L-fucoulose under
specified conditions.

2.3. Effects of Various Biochemical Conditions on HoFucI Activity

To investigate the effect of NaCl on the enzymatic activity of HoFucI, 7 μg of HoFucI
and 10 mM L-fuculose were incubated at 60 ◦C in 20 mM sodium phosphate (pH 7.0) buffer
in the presence of 1 mM Mn2+ for 5 min at different concentrations of NaCl (0, 0.5, 1, 2.5,
and 5 M). Temperature and pH profiles were determined under the standard conditions
described above. The optimum temperature was examined at various temperatures ranging
from 30 to 100 ◦C with an interval of 10 ◦C, and the optimum pH was investigated with three
buffer systems using 100 mM sodium acetate (pH 4–6), 100 mM sodium phosphate (pH 7–8),
and 100 mM glycine-NaOH (pH 9–11). The effect of metal ions on the enzymatic activity of
HoFucI was investigated using different concentrations of ethylenediaminetetraacetic acid
(EDTA), Mn2+, Mg2+, or Co2+ (0, 1, and 10 mM) under standard conditions.

2.4. Phylogenetic Tree

A homolog search was conducted based on the HMMER algorithm with an E-value
cutoff of 0.0001 using RdFucI as the query on the ConSurf server (https://consurf.tau.ac.il/
(accessed on 30 March 2022)). Extremely long and obvious fault sequences were discarded.
After excluding redundant sequences at the N-terminus, the sequences for L-FucI homologs
that were searched and previously characterized were aligned using Clustal Omega [20].
The aligned sequences were then applied to phylogenetic tree building using the ConSurf
server. The tree was visualized using FigTree (https://tree.bio.ed.ac.uk/software/figree/
(accessed on 30 March 2022)).

2.5. Sequence Alignment and Homology Modeling

Multiple sequence alignment of L-FucIs was performed based on Clustal Omega [20]
and graphically presented by ESPript [21]. The homology model of the HoFucI structure was
constructed using SWISS-MODEL (http://swissmodel.expasy.org/ (accessed on 30 March
2022)) with RdFucI (PDB code: 6K1F) as the template, which showed the 65% sequence
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identity with HoFucI. The root mean square deviation (rmsd) between HoFucI and RdFucI
structures was 0.2427 Å. The structures were visualized using the PyMOL software [22].

3. Results

3.1. Oligomeric State of HoFucI

Commonly, native L-FucIs exist as oligomers [2,3,23]. According to crystal structure
analysis, L-FucIs form homohexameric structures to be functional for substrate interac-
tions [2,23]. However, the oligomeric states of L-FucIs in a solution can vary, existing
as trimers or tetramers, depending on the biochemical conditions [3,6,17]. In this study,
size-exclusion chromatography, which is commonly used to examine the enzyme’s molecu-
lar mass at the native state (i.e. under the non-denaturing condition), was performed to
determine the oligomeric state of HoFucI (Figure 2). The chromatogram showed a single
peak corresponding to HoFucI (Figure 2a). By comparing its elution volume with that of
standard proteins, the molecular mass of the enzyme was predicted to be approximately
204 kDa, corresponding to a trimer (Figure 2b).

Figure 2. (a) Size-exclusion chromatography profile of L-fucose isomerase (L-FucI) from
Halothermothrix orenii (HoFucI). (b) Calibration curve obtained using various protein standards (cy-
tidine [Cyd], cytochrome C [Cyt C], β-lactoglobulin [β-LG], bovine serum albumin [BSA], and
immunoglobulin G [IgG]) to determine the native molecular mass of HoFucI.

3.2. Effect of Salinity on HoFucI Activity

Since the origin of HoFucI, H. orenii, is a halophilic bacterium that grows optimally
at 1.7 M NaCl [18,19]. The effect of salinity on the enzymatic activity of HoFucI was
evaluated using various concentrations of NaCl from 0 to 5 M (Figure 3). Without NaCl
supplementation (control), HoFucI showed substantial activity, with a specific activity of
106.2 U/mg. When the NaCl concentration was increased up to 1 M, the isomerization
activity of HoFucI toward L-fuculose also increased. The maximal activity was exhibited
at 0.5 and 1 M with no significant difference (p > 0.05), which was approximately 60%
higher than that obtained without the addition of NaCl. At concentrations higher than 1 M,
the enzyme activity gradually decreased, but was still retained at a higher (at 2.5 M) or
similar (at 5.0 M) level compared to the control without the addition of NaCl. Based on
these results, HoFucI can be classified as a halophilic enzyme that remains active in molar
concentrations of the salt.
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Figure 3. Effect of NaCl concentration on the L-fuculose-isomerizing activity of HoFucI. The en-
zyme reactions were performed with 7 μg of HoFucI and 10 mM L-fuculose at 60 ◦C for 5 min in
20 mM sodium phosphate (pH 7.0) buffer in the presence of 1 mM Mn2+. The reaction solution
contained various NaCl concentrations ranging from 0 to 5 M. The experimental data represent the
means ± standard deviations of three replicates. Relative activity (%) represents the enzyme activity
relative to that obtained without supplementation of NaCl, set as 100%.

3.3. Effect of Temperature and pH on HoFucI Activity

When the temperature effect on the activity of HoFucI on L-fuculose was investigated
in the presence of 0.5 M NaCl (Figure 4a), the maximum activity was observed at 50 ◦C and
60 ◦C with no significant difference (p > 0.05), and the enzyme activity sharply decreased at
temperatures higher than 60 ◦C, showing around 60% of relative activity (RA) at 70 ◦C, but
only around 10% activity at 80–100 ◦C. At 30 and 40 ◦C, 65% of RA was maintained. This
result indicates that HoFucI is a thermophilic enzyme that correlates well with the optimal
growth conditions of H. orenii at 60 ◦C, with a range of 42–70 ◦C [18,19].

When the influence of pH on the enzyme activity of L-fuculose was examined (Figure 4b),
the optimal pH was found to be pH 7, and more than 60% of RA was retained at a pH
of 8 and 9. At pH values lower than 7 and higher than 9, the activity decreased sharply,
showing only approximately 20% of RA at a pH of 6 and 10, and less than 10% of RA at
a pH of 4, 5, and 11.

59



Appl. Sci. 2022, 12, 4029

Figure 4. (a) Effect of temperature on the L-fuculose-isomerizing activity of HoFucI. Enzyme reactions
were performed at various temperatures ranging from 30 to 100 ◦C with 7 μg of HoFucI and 10 mM
L-fuculose for 5 min in 20 mM sodium phosphate (pH 7.0) buffer in the presence of 1 mM Mn2+ and
0.5 M NaCl. The experimental data represent the means ± standard deviations. Relative activity
(%) represents the enzyme activity relative to that obtained at 60 ◦C, set as 100%. (b) Effect of pH
on the L-fuculose-isomerizing activity of HoFucI. Enzyme reactions were performed at various pH
ranging from 4 to 11 with 7 μg of HoFucI and 10 mM L-fuculose at 60 ◦C for 5 min in the presence of
1 mM Mn2+ and 0.5 M NaCl. The buffers used were 100 mM sodium acetate (pH 4, 5, and 6), 100 mM
sodium phosphate (pH 7 and 8), and 100 mM glycine-NaOH (pH 9, 10, and 11). The experimental
data represent the means ± standard deviations. Relative activity (%) represents the enzyme activity
relative to that obtained at pH 7, set as 100%.

3.4. Effect of Metal Ions on HoFucI Activity

L-FucIs have a conserved metal-binding site (Figure S1 in Supplementary Materials)
and commonly require divalent cations, such as Mn2+, Mg2+, and Co2+, for their catalytic
activities [2,5,6]. In particular, Mn2+ plays a crucial role in the thermal stability and catalytic
activity of L-FucI [3]. In this study, we evaluated the effects of two different concentrations
(1 and 10 mM) of Mn2+, Mg2+, and Co2+ on the activity of HoFucI. Without any metal
supplementation (control), very low activity was observed, while the presence of metal
ions boosted the enzyme activity (Table 1). Specifically, upon the addition of 1 mM Mn2+

and Co2+, the enzyme activities increased ~5 fold compared to that of the control, but the
enzyme activities were lower at 10 mM Mn2+ and Co2+. In the case of Mg2+, higher activity
was observed at 10 mM Mg2+ than at 1 mM, with an RA of 488%. However, EDTA, which
is used as a metal chelator, had little effect on enzyme activity.

Table 1. Effect of metal ions on the L-fuculose-isomerizing activity of L-fucose isomerase (L-FucI)
from Halothermothrix orenii (HoFucI) 1.

Metal Ions
Concentration (mM)

0 1 10

EDTA

100.0 ± 5.1 1,2

69.7 ± 24.6 80.8 ± 61.9
Mn2+ 555.7 ± 78.7 346.5 ± 7.4
Mg2+ 252.1 ± 32.1 488.1 ± 19.8
Co2+ 523.1 ± 74.2 112.8 ± 19.3

1 Relative activity (%) represents the enzyme activity relative to that obtained without any supplementation of
metal ions, set as 100%. 2 Experimental data represent the means ± standard deviations of three replicates.
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3.5. Amino Acid Composition of HoFucI

Halophiles are generally classified into two types depending on their adaptation
strategies to external high salt conditions: salt-in and salt-out strategies [24], which are
discussed in more detail in the Discussion section. Proteins derived from halophiles that
employ the salt-in strategy tend to have a biased amino acid composition, particularly
showing a high frequency of acidic residues, such as aspartate and glutamate, and small
hydrophobic residues, such as alanine [25,26]. This is often accompanied by a low frequency
of basic residues, such as lysine. Accordingly, an acidic signature is a good indicator of the
enzymatic properties of halophiles. In this study, the amino acid composition of HoFucI was
analyzed and compared with those of RdFucI and TtFucI from non-halophiles, as well as
typical proteomes from salt-in halophiles (Table 2). As a result, most of the residues known
to be crucial for halostability of salt-in proteins (e.g., alanine, aspartic acid, glutamine,
and threonine) were not pronouncedly abundant in HoFucI when compared to the non-
halophile-derived RdFucI and TtFucI. In addition, the contents of those residues of HoFucI
were quite different and low compared to the proteins of salt-in-halophiles. In contrast, its
lysine content, which is generally present in reduced frequency in salt-in halophiles, was
much higher than that of salt-in proteins. Taken together, these results indicate that the
amino acid composition of HoFucI is distinct from that of typical halophilic proteins.

Table 2. The content of several amino acid residues related to halophilic properties in HoFucI, L-FucI
from Raoultella sp. (RdFucI), L-FucI from Thermanaeromonas toyohensis (TtFucI), and proteomes from
general salt-in halophiles and thermophiles 1.

Amino Acid HoFucI (%) RdFucI (%) TtFucI (%) Halophiles (%) Thermophiles (%) Significance

Alanine 8.5 2 11.0 9.7 10.0 8.0 High frequency in halophiles
Aspartic acid 5.3 5.4 5.0 6.0 4.5 Important for halostability

Histidine 1.8 2.7 1.7 2.0 1.8 Low frequency in thermophiles
Lysine 5.3 4.2 4.3 3.0 6.5 Low frequency in halophiles

Glutamine 3.0 4.1 2.8 5.0 3.0 Important for halostability, but
low frequency in thermophiles

Glutamate 7.1 6.9 7.0 6.8 7.2 Important for halostability

Threonine 5.5 5.4 5.7 6.2 5.0 Important for halostability, but
low frequency in thermophiles

1 Amino acid compositions of proteomes from general halophiles and thermophiles were adopted from studies by
Mavromatis et al. and Bhattacharya et al. [18,19]. 2 The content of each amino acid is expressed as a percentage of
the total number of amino acids.

3.6. Phylogenetic Tree of L-FucIs

To date, no phylogenetic tree has been constructed for L-FucI. The phylogenetic
tree built in our study showed that many separate clusters of L-FucI sequences were
widely distributed among bacteria (Figure 5). Among the characterized L-FucIs, L-FucI
from E. coli (EcFucI), L-FucI from Klebsiella pneumoniae (KpFucI), and RdFucI belonging to
the Enterobacteriaceae family clustered together. The known thermophilic L-FucIs, such
as DtFucI, CsFucI, and TtFucI, were also clustered together as disparate groups from
EcFucI, KpFucI, and RdFucI, displaying high phylogenetic relatedness, which indicates
their potential functional similarities. Notably, HoFucI was positioned in the same cluster
as thermophilic L-FucIs, implying that its molecular properties might be similar to those of
thermophilic L-FucIs.
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Figure 5. Phylogenetic tree of the L-FucI family. The identities of individual L-FucI protein sequences
are indicated by their UniProt accession numbers (https://www.uniprot.org (accessed on 30 March
2022)). The sequences belonging to the Enterobacteriaceae family, clustered together with characterized
L-FucI from Escherichia coli (EcFucI), L-FucI from Klebsiella pneumoniae (KpFucI), and L-FucI from
Raoultella sp. (RdFucI), are highlighted in orange. The sequences from thermophiles, including
L-FucI from Caldicellulosiruptor saccharolyticus (CsFucI), L-FucI from Dictyoglomus turgidum (DtFucI),
L-FucI from Thermanaeromonas toyohensis (TtFucI), and HoFucI, are highlighted in blue. Functionally
characterized L-FucI enzymes were labeled with black circles.

3.7. Comparison of the Specific Activities of L-FucIs against L-Fuculose

The specific activity of HoFucI was compared to those of RdFucI and TtFucI, the
previously reported L-FucIs investigated using L-fuculose as the substrate (Table 3). The
specific activity of HoFucI obtained without any NaCl (106.2 U/mg) was lower than that
of TtFucI (199.8 U/mg) by 1.9 fold, but only 1.3 fold lower in the presence of 0.5 M NaCl
(151.1 U/mg). HoFucI activity, both in the absence and presence of the salt, was higher
than that of RdFucI (64.0 U/mg). Although its activity was lower than that of TtFucI, the
feature of HoFucI that handles the two harsh conditions simultaneously is unique. The key
factor leading to the differences in the activities of L-FucIs could be related to the binding
affinity and/or geometry of the coordinated metal cofactor complex with the substrate. In
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addition, the architecture of the substrate recognition pocket and loop confirmation could
lead to the difference in L-FucI’s activity and substrate specificity [2,3].

Table 3. Comparison of the specific activities of L-FucIs against L-fuculose 1,2.

Specific Activity (U/mg) Condition

HoFucI [this study] 106.2 ± 8.7 60 ◦C, pH 7, w/o NaCl
151.1 ± 11.9 60 ◦C, pH 7, w/0.5 M NaCl

RdFucI [2] 64.0 ± 3.4 40 ◦C, pH 7, w/o NaCl
TtFucI [3] 199.8 ± 0.3 70 ◦C, pH 7, w/o NaCl

1 Various concentrations of L-fuculose (10 mM) were incubated with 7 μg HoFucI in 20 mM sodium phosphate
(pH 7) buffer at 60 ◦C for 5 min in the presence of Mn2+. 2 Experimental data represent the means ± standard
deviations in at least three replicates.

4. Discussion

L-FucI-encoding genes are distributed throughout a wide range of L-fucose-metabolizing
bacteria, many of which are found in the phyla Firmicutes, Bacteroidetes, Proteobacteria, and
Actinobacteria (Figure 5). L-FucI enzymes originate not only from typical mesophilic bacteria,
such as E. coli [1,23], but also from unique extremophiles [3,5]. Among extremophiles,
H. orenii represents one of the rarest cases owing to its dual ability to tolerate both high
temperature and salinity [18,19]. Organisms that grow optimally at temperatures higher
than 50 ◦C and 1.5 M NaCl are defined as thermophiles and halophiles, respectively. In
this regard, H. orenii that shows optimal growth at 60 ◦C and 1.7 M NaCl is classified as
a thermohalophile [18,19]. As enzymes derived from such organisms often have distinct
features (i.e., high thermostability and halostability) that are beneficial for biotechnological
applications [3,5], it is of key interest to investigate their biochemical properties.

Halophiles have evolved to adapt to hypersaline environments by equilibrating in-
tracellular osmotic pressure with their external conditions based on two strategies [24].
One is the “salt-in strategy” that increases the intracellular ion strength up to 3–6 M in
response to the external environment; hence, high concentrations of ions like Na+, K+,
and Cl−, are accumulated in the cytoplasm [27]. Generally, proteins experience disrup-
tion of electrostatic interactions at intracellular molar concentrations of salt, losing their
functional conformation [24,28]. In contrast, proteins from organisms utilizing the salt-in
strategy are able to maintain their active conformation in the hypersaline cytoplasm. This
may be due to the presence of excessive acidic amino acids and negatively charged acidic
surfaces, which allow proteins to be sufficiently solvated in limited conditions of water
availability by forming electrostatic interactions between the residues and salts [24,26,29].
Consequently, the presence of excessive acidic amino acids (e.g., glutamate and aspartate)
over basic amino acids (e.g., lysine and arginine) has been regarded as a unique feature
of such halophilic proteins [25,30]. In contrast to the salt-in strategy that increases the
intracellular inorganic ions, the “salt-out strategy” exports salts back while accumulating
organic solutes in the cytoplasm by synthesizing or acquiring them from the environment
to counterbalance the intracellular osmotic pressure [31]. These organic solutes are repre-
sented by glycine betaine and ectoine, which are compatible with protein functionality and
cellular metabolism [32]. Proteins from halophilic organisms that rely on salt-out strategies
do not display acidic signatures.

From the NaCl and temperature profiles in this study, HoFucI was revealed as a poly-
extremozyme, evidenced by its thermophilic and halophilic properties in synthesizing L-fucose,
with optimal activity at 50–60 ◦C and 0.5–1 M NaCl (Figures 3 and 4a). This correlates well
with the growth behavior of the original organism, H. orenii, which has adapted to multi-
extreme environments (i.e., hot and salty conditions) [18,19]. It is noteworthy that despite its
maximized activity in the presence of a molar salt concentration, HoFucI retained consider-
able activity even with no or low salt concentrations. Keeping in mind that the halophilic
proteins from organisms employing the salt-in strategy tend to be deactivated by low salt
concentrations caused by the repulsive electrostatic forces among the excessive acidic amino
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acids [26], such a phenomenon with HoFucI provides evidence that H. orenii does not adopt
the salt-in strategy. This is also consistent with the behavior of AmyA (an amylase), one
of the few characterized enzymes from the same bacterium, which still exerts 40% activity
without salt, while optimal activity is observed at 2 M NaCl [33]. Furthermore, HoFucI is
active in a broad range of salinities from 0 to 5 M, which is also consistent with the results of
AmyA [33]. Such behaviors of these enzymes could be associated with the extreme seasonal
fluctuations of salt in the habitat of H. orenii (i.e., Tunisian salt lake of the Sahara desert) [18,19].
Since organisms dependent on the salt-out strategy are generally known to rapidly adjust to
fluctuating salinity, the broad activity of HoFucI in saline conditions suggests that H. orenii
may adopt a salt-out strategy [19].

Our bioinformatics analyses, carried out to better understand the halophilic properties
of HoFucI, showed that HoFucI does not strictly follow the general trend of halophilic
proteins that have been adapted to high ionic strength (i.e., salt-in strategy). First, there
were no pronounced acidic residues, which is an exclusive feature of general halophilic
proteins, in HoFucI when the amino acid composition was analyzed (Table 2). Next,
because the negative surface electrostatic potentials are characteristic of proteins from
organisms that rely on salt-in adaptation [23,34], surface electrostatic potentials were
investigated by comparing the model structure of HoFucI with those of its non-halophilic
counterparts with known structures, EcFucI and RdFucI (Figure S2 in Supplementary
Materials). No distinctive differences in surface electrostatic potentials of the three L-FucI
(model) structures were observed, which further proves that the behavior of HoFucI is
distinct from those of general halophilic enzymes. AmyA from H. orenii also did not show
an acidic signature in either the amino acid composition or on its structural surface [33].
Nevertheless, it is too early to conclude that H. orenii relies on a salt-out strategy instead of
a salt-in strategy because of the lack of related evidence, such as the identification of organic
solute-synthetic enzymes [18,19]. Therefore, further studies are required to elucidate the
halophilic mechanisms of this bacterium and its enzymes, such as HoFucI. It is noteworthy
that proteins from several halophilic organisms belonging to the same order as H. orenii
(Halanaerobiales) are also very halophilic in enzymatic functioning, but do not follow the
general rule regarding the primary and tertiary structures of halozymes, similar to HoFucI
in this study [35].

Interestingly, a thermophilic signature was clearly observed in the amino acid com-
position of HoFucI. Briefly, there was a reduced frequency of thermolabile amino acids,
such as histidine, glutamine, and threonine, whose behaviors were quite similar to those of
thermophilic TtFucI and proteins from general thermophiles. Further analysis based on the
phylogenetic tree also showed that HoFucI is highly evolutionarily related to thermophilic
enzymes (Figure 5).

Divalent metal ions are essential cofactors for L-FucIs [2,3,5,6]. These metal ions,
in particular Mn2+, coordinated by the three conserved metal-binding residues (Glu337,
Asp361, and His528, labeled with EcFucI) in the catalytic center of enzymes, can be plat-
forms for substrate interaction [2,23]. More specifically, the metal cofactors can form
a coordination complex with the ligands of the substrate at the O1 and O2 positions,
by which L-fucose–L-fuculose interconversion occurs via the enediol intermediate [23].
Sequence alignment showed that HoFucI also contains a conserved metal-binding site
(Figure S1 in Supplementary Materials), proving its dependence on metal ions (Table 1).
In the cases of Mn2+ and Co2+, 1 mM was sufficient to show the maximum activities
while a higher concentration of Mg2+ (10 mM) was required to obtain a comparable value
(Table 1). This could be because although divalent metal ions are expected to be coordi-
nated by metal-binding sites in a similar manner, they might interact with the substrate
with different affinities and/or geometries, resulting in the difference in activities. Despite
their essential role in the catalytic machinery of L-FucIs, it is necessary to supply additional
metal ions to obtain maximal enzyme activity [2,3]. This is well explained by our structural
analysis with RdFucI, in which the occupancy of metal ions in the apoenzyme is low, but can
be increased by the addition of metal ions [2]. EDTA treatment did not cause any significant
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difference in the enzyme activity (p > 0.05), which further verifies this phenomenon. This
was also verified by the fact that the isolated L-FucIs (i.e., apo-form) did not possess any
detectable metal ions [5].

5. Conclusions

To the best of our knowledge, the HoFucI studied here represents the first halophilic
and thermophilic L-FucI to be identified and characterized. The dual tolerance of HoFucI for
heat and salinity, together with its ability to function in a broad range of salt concentrations,
is unique and offers attractive biotechnological applications in various industries that often
employ harsh conditions, such as food, chemical, and pharmaceutical industries. In addition,
since only a few enzymes from H. orenii have been reported to date, our study will aid in
the further identification and development of useful polyextremozymes from this organism,
which is an interesting microbial source for both academic and biotechnological purposes.

Supplementary Materials: The following supporting information can be downloaded at: https:
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l-Fucose isomerase (l-FucI) from Halothermothrix orenii (HoFucI) and previously characterized
l-FucIs, including l-FucI from Escherichia coli (EcFucI), l-FucI from Klebsiella pneumoniae (KpFucI),
l-FucI from Raoultella sp.(RdFucI), SpFucI, l-FucI from Dictyoglomus turgidum (DtFucI), l-FucI from
Caldicellulosiruptor saccharolyticus (CsFucI), l-FucI from Aeribacillus pallidus (ApFucI), and l-FucI
from Thermanaeromonas toyohensis (TtFucI); Figure S2: Electrostatic surface potentials of l-FucI
from Halothermothrix orenii (HoFucI) (homology model), EcFucI (PDB code: 1FUI), and RdFucI
(PDB code: 6K1F).
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Abstract: Human lysozyme is a natural non-specific immune protein that participates in the immune
response of infants against bacterial and viral infections. Lysozyme is a well-known hydrolase that
cleaves peptidoglycan in bacterial cell walls. Several crystal structures of human lysozyme have been
reported, but little is known regarding how it recognizes sugar molecules. In this study, the crystal
structures of human lysozyme in its native and two N-acetyl-α-D-glucosamine (α-D-NAG)-bound
forms were determined at 1.3 Å and 1.55/1.60 Å resolution, respectively. Human lysozyme formed a
typical c-type lysozyme fold and the α-D-NAG molecule was bound to the middle of subsites C and
D. The N-acetyl and glucosamine groups of α-D-NAG were stabilized by hydrophobic interactions
(Val117, Ala126, and Trp127), hydrogen bonds (Asn64, Asn78, Ala126, and Val128), and water bridges.
Conformational changes of Arg80, Tyr81, Val128, and Arg131 of human lysozyme were observed due
to the interactions of α-D-NAG with the active-site cleft. The binding configuration of α-D-NAG in
human lysozyme was distinct compared with that of other sugar-bound lysozymes. Findings from
this structural analysis provide a better understanding of the sugar recognition of human lysozyme
during the immune response to microbial pathogens.

Keywords: lysozyme; muramidase; N-acetylmuramide glycanhydrolase; human; N-acetyl-β-D-
glucosaminidase; NAG; crystal structure

1. Introduction

In humans, lysozyme (muramidase or N-acetylmuramide glycanhydrolase) is found
in several organs, tissues, and secretions. It is also found in the organs and secretions of
other vertebrates, invertebrates, plants, and bacteria [1,2]. This enzyme is functionally
conserved and exhibits antimicrobial activity that is critical to host defense [3]. Lysozymes
are classified into three main families based on their amino acid sequence and biochemical
properties. These families include the chicken or conventional type (c-type), goose type
(g-type), and invertebrate type (i-type) [2,3]. In addition, phage type, bacterial type, and
plant type lysozymes are also found in nature [4–6].

Bacterial cell walls are composed predominantly of peptidoglycan layers. Pepti-
doglycans consists of alternating units of N-acetylglucosamine (NAG or GlcNAc) and
N-acetylmuramic acid (NAM or MurNAc). The peptide stems are covalently bound to a
lactyl group in the NAM moiety [3]. Lysozymes enzymatically cleaves the peptidoglycan
in bacterial cell walls by catalyzing the hydrolysis of the β-(1,4) linkages between the
NAG and NAM saccharides [7]. These linkages are critical for the resistance of bacteria
to osmotic stress, and their hydrolysis results in the loss of cellular membrane integrity
and ultimately cell death by lysis [3,8,9]. Due to its broad antibacterial activity against
pathogenic bacteria and viruses, lysozyme has been widely used in food, pharmaceutical,
and clinical treatments, including various oral health care and antibiotic treatments [10,11].

In humans, lysozyme is highly expressed in breast milk and acts as an important
natural non-specific immune protein that participates in the immune response of infants
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to bacterial [12]. For example, the concentration of lysozyme in the airway surface liquid
of humans is estimated to be 20–100 μg/mL, which is sufficient to kill important lung
pathogens, such as Gram-negative Pseudomonas aeruginosa and Gram-positive Staphylococcus
aureus [13]. Lysozyme enhances the immune system [14,15], and in addition to antibacterial
activity, it may also exhibit antitumor [16] and antiviral [17] activities. However, the
molecular mechanism of these activities remains unclear.

Many crystal structures of human lysozyme (hLZM) have been reported, but most
crystal structures of hLZM have been used as model samples in X-ray crystallographic
studies. For instance, only one crystal structure of saccharide-bound hLZM (PDB ID:
5LSH, tetrasaccharide fragment from the O-chain of lipopolysaccharide from Klebsiella
pneumonia) [15] has been deposited in the Protein Data Bank (PDB). Accordingly, how
hLZM recognizes various types of saccharide molecules has not been fully elucidated. On
the other hand, the crystal structure of hLZM complexed with hexa-N-acetyl-chitohexaose
has previously been reported [18], but the coordinates and structural factors for this crystal
structure are not deposited in PDB. Although the substrate recognition site of hLZM has
been studied, it is not known how it recognizes single NAG or NAM sugar molecules
constituting the substrate. The observation of single sugar molecule recognition of hLZM is
expected to contribute to the initial first sugar molecule recognition when hLZM recognizes
the actual substrate. In addition, it is unclear how hLZMs recognize sugars in bacterial
cells and to what degree they are evolutionarily conserved with other lysozymes.

To better understand saccharide recognition of hLZM, the crystal structures of native
hLZM and hLZM complexed with N-acetyl-α-D-glucosamine (α-D-NAG) were determined
at 1.30 Å and 1.55/1.60 Å resolution, respectively. The α-D-NAG molecule was bound to
the middle of subsites C and D in the active-site cleft of hLZM. The α-D-NAG molecule was
stabilized by conserved hydrophobic interactions, hydrogen bonds, and water bridges. The
α-D-NAG binding configuration of hLZM is unique when compared with crystal structure
of sugar-bound lysozyme. Results from this study will provide a better understanding of
saccharide recognition by hLZM and insight into the human immune response associated
with hLZM.

2. Materials and Methods

2.1. Sample Preparation

The hLZM (cat. no. L1667) and N-acetyl-D-glucosamine (cat. no. A4106) were
purchased from Sigma-Aldrich (St. Louis, MO, USA). The hLZM was reconstituted in a
solution containing 10 mM Tris-HCl, pH 8.0, and 200 mM NaCl. Protein crystallization
was performed using the batch method as previously described [19]. Equal volumes (20 μL
each) of lysozyme (50 mg/mL) and crystallization solution containing 0.1 M Na-acetate
(pH 4.5), 5% (w/v) PEG 6000, and 1 M NaCl were transferred into a 1.5-mL microtube and
immediately vortexed for 30 s. The sample mixture was incubated at 4 ◦C. The protein
crystals were grown under protein precipitation for two weeks. The crystal dimensions
were 0.25 × 0.25 × 0.10 mm3.

2.2. X-ray Diffraction Data Collection

The diffraction data were collected at Beamline 7A of the Pohang Accelerator Labo-
ratory (Pohang, Korea). For native data collection, a single crystal of hLZM was soaked
for 10 s in cryo-protectant solution (crystallization solution and 20% [v/v] ethylene glycol).
The crystal was then mounted on the goniometer under a nitrogen gas stream at 100 K.
For the hLZM-NAG complex, a single hLZM crystal was soaked for 30 min in a solution
containing 0.1 M Na-acetate (pH 4.5), 5% (w/v) PEG 6000, 1 M NaCl, and 50 mM NAG. This
crystal was then further soaked in a cryo-protectant solution and the diffraction data were
collected. Indexing, integration, and processing of the diffraction data were performed
using the HKL2000 program [20].
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2.3. Structure Determination

The phases were obtained using the molecular replacement method with the MOLREP
program [21]. The crystal structure of the chicken egg-white lysozyme (PDB ID: 7E02,
sequence identity: 59%) [22] was used as the search model. The model was built using the
program Coot [23]. Model refinement was performed using refine.phenix of the PHENIX
program [24]. Data collection and refinement statistics are presented in Table 1. The
geometry of the final models was validated using MolProbity [25]. The protein–ligand
interaction was analyzed using PLIP [26]. Structure-based sequence alignments were
generated using Clustal-Omega [27] and ESPript [28]. The structure was visualized using
PyMOL (http://pymol.org).

Table 1. Data collection and refinement statistics.

Data Collection hLZM hLZM-NAG1 hLZM-NAG2

Wavelength (Å) 0.979 0.979 0.979
Space group P212121 P212121 P212121

Unit cell dimension (Å)
a 33.035 32.796 32.980
b 56.062 55.758 56.049
c 61.063 60.859 60.939

Resolution range (Å) a 50.0–1.30(1.32–1.30) 50.0–1.55 (1.58–1.55) 50.0–1.60 (1.63–1.60)
Unique reflections 28,633 (1358) 16,579 (797) 15,319 (688)
Completeness (%) 99.5 (94.8) 99.6 (98.2) 99.3 (90.3)

Redundancy 6.4 (4.4) 9.5 (5.0) 6.0 (4.6)
Mean I/σ(I) 40.42 (4.53) 23.20 (3.37) 27.59 (3.23)

Rmerge 0.095 (0.428) 0.293 (1.637) 0.108 (0.524)
CC1/2 0.989 (0.863) 0.981 (0.502) 0.993 (0.832)

CC* 0.997 (0.963) 0.995 (0.818) 0.998 (0.953)

Refinement

Resolution range (Å) 50.0–1.30 50.0–1.55 50.0–1.60
(1.33–1.30) (1.60–1.55) (1.65–1.60)

Rwork 0.1513 (0.2055) 0.1686 (0.2236) 0.1683 (0.2034)
Rfree 0.1710 (0.2056) 0.1910 (0.2664) 0.1844 (0.2572)

RMS deviations
Bonds (Å) 0.022 0.009 0.006

Angles (degree) 1.639 1.146 0.902
Average B factor (Å2)

Protein 12.30 15.19 17.95
Ligand 26.48 32.57
Water 24.01 25.01 27.55

Ramachandran plot
Most favored (%) 97.66 96.09 96.88

Allowed (%) 2.34 3.91 3.12
a Values in parentheses are for outer shells.

3. Results and Discussion

3.1. Overall Structure

All hLZM crystals belonged to the orthorhombic space group P212121, occupying
one molecule in an asymmetric unit. The crystal structures of a native and two NAG-
bound hLZM crystals were determined at 1.30 and 1.55/1.60 Å resolution, respectively.
The electron density was very clear for most of the residues between Lys19 and Val148
of all hLZM proteins, but not for Arg59–Ala60 of the native hLYZ. Validation of the
geometry showed that >96% of the hLZM residues were within the most favored region of
the Ramachandran plot and without outlier residues (Table 1). As hLZM contains eight
cysteine residues that form disulfide bonds (Cys24–Cys146, Cys48–Cys134, Cys83–Cys99,
and Cys95–Cys113), the lack of a significant negative Fo-Fc electron-density map indicated
that all the hLZM structures determined in the current study were in an oxidized state. The
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hLZM was composed of seven α-helices and two β-strands, forming one α-domain and
one β-domain (Figure 1a). The approximate dimensions of hLZM were 30 × 30 × 45 Å
(Figure 1a). The active site of hLZM can accommodate six consecutive sugars at subsites
A–F [2]. The catalytic residues Glu53 and Asp71 cleave the bond between subsites D and
E (Figure 1b). The electrostatics of the active site of hLZM revealed a strong negatively
charged surface (Figure 1b). The acetate ion of native hLZM was observed at subsite C and
the α-D-NAG molecule of the hLZM-NAG complex was observed in the middle of subsites
C and D (see below).

Figure 1. Crystal structure of hLZM. (a) Cartoon and surface representation of hLZM. (b) Electro-
statistics of the hLZM-NAG surface. Subsites in the active-site cleft of hLZM are indicated by the
yellow dotted lines.

3.2. NAG Binding

To investigate the hLZM recognition of the peptidoglycan component, NAG ligand-
soaking experiments were performed with hLZM and two crystal structures of NAG-bound
hLZM were determined. In the previous peptidoglycan cleavage model, NAG units of
peptidoglycan were located at subsites A, C, and E, whereas NAM units were positioned at
subsites B, D, and F (Figure 2a). Crystallographic results of the NAG-soaking experiment
revealed the electron-density map corresponding NAG was only observed at the middle
of the subsites C and D of hLZM (Figure 2b), with the other subsites being occupied by
water molecules. The NAG reagent used in this experiment was a mixture of N-acetyl-
α-D-glucosamine (α-D-NAG) and the N-acetyl-β-D-glucosamine (β-D-NAG). Analysis of
the refinement results and electron-density map showed that α-D-NAG was bound to
hLZM (Supplementary Figure S1). This indicated that hLZM preferred the interaction with
α-D-NAG compared with that of β-D-NAG when a single NAG molecule was interacting
hLZM. To confirm that the NAG molecule reproducibly binds to hLZM, two diffraction
data sets of the hLZM crystal soaked with NAG were collected. In the two crystal structures
of α-D-NAG-bound hLZM, the quality of the electron density for α-D-NAG and the
binding site was almost identical, while the quality of the electron-density map for α-
D-NAG surrounding water molecules was slightly different (Supplementary Figure S2).
The superimposition of the two α-D-NAG -bound structures showed that the position of
α-D-NAG was almost identical with the root-mean-square deviation (RMSD) analysis of
0.141 Å (Supplementary Figure S3). This indicated that a single α-D-NAG molecule was
specifically bound in the middle of subsites C and D in hLZM. The binding of α-D-NAG
in the two α-D-NAG-bound structures was analyzed using the crystal structure of hLZM-
NAG1, which was superior to that of hLZM-NAG2 in terms of data quality and electron
density clarity.

The electron-density map of N-acetyl and the ring of glucosamine were clearly ob-
served in hLZM-NAG1, whereas the electron-density map of the C6-O6 region of glu-
cosamine was weaker. The α-D-NAG molecule was stabilized by hydrophobic interactions
(Val117, Ala126, and Trp127), hydrogen bonds (Asn64, Asn78, Ala126, and Val128), and
water bridges (Tyr81, Trp82, Ala126, and Ala129). Specifically, the N-acetyl group of α-D-
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NAG was located at the main chains between residues Asn78 and Ala128 (Figure 2c). The
C8 atom of the N-acetyl group of α-D-NAG interacted with the CG1 atom of Val117, CB
atom of Ala126, and CD2 atom of Trp127 by hydrophobic interactions at distances of 3.60,
3.97, and 3.70 Å, respectively. The O7 and N2 atoms of the N-acetyl group of α-D-NAG
interacted with the amine group of Asn78 and the carbonyl group of Ala126 at distances of
2.92 Å and 3.16 Å, respectively. The glucosamine group of α-D-NAG was located at the side
chains between residues Asn78 and Val128 (Figure 2c). The O1 atom of the glucosamine
of α-D-NAG interacted with amino group of Val128 at a distance of 3.27 Å. The distance
between the side chain of Asn78 and ring center of glucosamine of α-D-NAG was 4.53 Å.
In addition, five water bridges between α-D-NAG and hLZM were observed at distances of
2.79–4.02 Å. More detail information regarding the distances between hLZM and α-D-NAG
are listed in Table 2.

 

Figure 2. NAG binding to the active site of lysozyme. (a) Active-site cleft of hLZM and schematic
representation of peptidoglycan. In peptidoglycan, N-acetylmuramic acid (NAM) is covalently linked
to a peptide chain (2–5 amino acid), including a dibasic amino acid [typically meso-diaminopimelic
acid (mDAP) or L-lysine]. (b) 2mFo-DFc (1.2 σ, grey mesh) and mFo-DFc (+3 σ: green mesh, −3 σ:
red mesh) electron-density maps of α-D-NAG in hLZM-NAG. (c) Interaction between α-D-NAG and
hLZM. Hydrophobic interactions, hydrogen bonds, and water bridges are indicated by grey dotted-
lines, blue lines, and light blue lines, respectively. (d) Superimposition of native hLZM (magenta) and
hLZM-NAG (cyan). The N-acetyl group of α-D-NAG (yellow) and acetate ion (orange) are indicated
by the red dots.

Table 2. Interaction distances between hLZM and α-D-NAG.

Hydrophobic Interactions

hLZM
Residue [Atom]

Distance (Å)
α-D-NAG

Atom

Val117 [CG1] 3.60 C8

Ala126 [CB] 3.97 C8

Trp127 [CD2] 3.70 C8

Hydrogen Bonds

hLZM
Residue [Atom]

Distance (Å)
H-A 1

Distance (Å)
D-A 2

Donor
Angle (◦)

α-D-NAG
Atom

Asn64 [ND2] 2.06 2.92 145.86 O6

Asn64 [OD1] 2.17 3.16 177.97 O6

Asn78 [ND2] 2.31 3.27 164.54 O6

Asn78 [N] 2.90 3.57 127.25 O7
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Table 2. Cont.

Hydrogen Bonds

hLZM
Residue [Atom]

Distance (Å)
H-A 1

Distance (Å)
D-A 2

Donor
Angle (◦)

α-D-NAG
Atom

Ala126 [O] 3.24 3.94 130.39 O1

Ala126 [O] 3.60 3.92 101.36 N2

Val128 [N] 3.79 4.08 100.14 O1

Water Bridges

hLZM
Residue [Atom]

Distance (Å)
A-W 3

Distance (Å)
D-W 4

Donor
Angle (◦)

Water
Angle (◦)

α-D-NAG
Atom

Tyr81 [OH] 4.00 3.48 127.96 112.25 O4

Trp82 [NE1] 3.02 2.72 144.92 87.42 O3

Ala126 [O] 2.79 3.71 102.23 107.74 O3

Ala126 [O] 4.02 2.72 144.92 114.21 O3

Ala129 [N] 3.01 3.23 158.53 77.42 O1
1 Distance between hydrogen atoms and acceptor atoms. 2 Distance between donor and acceptor atoms. 3 Distance
between acceptor and water atoms. 4 Distance between donor and water atoms.

The electron-density map corresponding to the acetate ion of native hLZM was ob-
served at subsite C (Supplementary Figure S4). The oxygen atom interacted with the amino
group of Asn78 at a distance of 2.90 Å (Supplementary Figure S5). The methyl group of
acetate was stabilized by hydrophobic interactions with Val117 and Ala126 (Supplementary
Figure S5), showing similarities with the binding mode of the N-acetyl group of α-D-NAG
in hLZM-NAG. Superimposition of the native hLZM and hLZM-NAG structures showed
that the position of the acetate ion in native hLZM was similar to that of the N-acetyl group
of α-D-NAG in hLZM-NAG (Figure 2d).

3.3. Comparison of Native hLZM and NAG-Bound hLZM

To investigate how hLZM recognizes the α-D-NAG molecule, the structures of native
hLZM and hLZM-NAG were compared. Superimposition of their crystal structures showed
a high level of structural similarity with RMSD of 0.093–0.128 Å, indicating there was no
large conformational changes upon α-D-NAG binding to hLZM; however, there was
a small shift of the main-chain of the β1-strand and C-terminal helix (Figure 3a). The
B-factor representation revealed that the β1-strand, α5-helix, and C-terminal α7-helix of α-
D-NAG-bound hLZMs were more flexible compared with that of native hLZM (Figure 3b).
Structural analysis of ligand binding revealed conformation changes of Asn62, Arg80,
Tyr81, Val128, and Arg131 of hLZM upon α-D-NAG binding (Figure 3c). In particular, the
two methyl groups of the side chain of Val128 of NAG-bound hLZMs were directed more
toward the α-D-NAG molecule compared with that in native hLZM. The side chain of
Val110 was separated from the ring center of glucosamine of α-D-NAG by 0.2 Å, indicating
that α-D-NAG-binding induced conformational changes of the Val128 side chain. The side
chain of Tyr81 in native hLZM was positioned toward subsite E, but the side chain of Tyr81
of α-D-NAG-bound hLZM was positioned toward the α-D-NAG molecule at subsite D,
due to rotation of the side change by approximately 106◦ (Figure 3d). The Tyr81 residue
of α-D-NAG-bound hLZM interacted with α-D-NAG via a water bridge (Figure 2c). The
smallest distance between the glucosamine of α-D-NAG and phenol ring of Tyr81 was
approximately 5 Å, whereas the distance between the ring center of glucosamine of α-D-
NAG and the phenol ring of Tyr81 was approximately 7 Å in parallel dispatch. On the other
hand, the CZ atoms of Arg80 and Arg131 were separated from α-D-NAG by 6.40 Å and
6.65 Å, respectively, resulting in no direct interaction between these atoms and α-D-NAG.
It was considered that the sidechain shifts of Arg80 and Arg131 may have been induced
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by conformational changes of neighboring residues Tyr81 and Val128. Meanwhile, no
significant conformational changes of active-site residues Glu53 or Asp71 were observed.
Taken together, this suggests that amino acids present in the active-site cleft undergo
conformational changes and stabilize α-D-NAG when α-D-NAG binds to hLZM.

 

Figure 3. Comparison of native hLZM and α-D-NAG-bound hLZM. (a) Superimposition of the
main chains of native hLZM (magenta), hLZM-NAG1 (cyan), and hLZM-NAG2 (green). (b) B-factor
putty representation of native hLZM and α-D-NAG-bound hLZMs. (c) Ligand binding in native
hLZM and hLZM-NAG1. (d) Superimposition of acetate and α-D-NAG binding from native hLZM
and α-D-NAG-bound hLZM.

3.4. Structural Comparison of hLZM with Other Lysozyme Structures

To better understand the saccharide recognition of hLZM, the crystal structure of
hLZM-NAG was compared with that of a previously reported crystal structure of hLZM
complexed with a tetrasaccharide fragment of the O-chain of lipopolysaccharide from
Klebsiella pneumonia (PDB ID: 5LSH). In this crystal structure, tetrasaccharide bound to the
substrate-binding cleft of hLZM with two different conformations (Figure 4a), in which
tetrasaccharide was located at the subsites A–D of hLZM. The superimposition of α-D-NAG-
bound and tetrasaccharide-bound hLZM showed a high degree of structural similarity with
RMSD of 0.216 Å, and two O6 atoms of tetrasaccharide demonstrated positional similarity
with that of the N-acetyl group of α-D-NAG (Figure 4a). Meanwhile, the ring positions
of α-D-NAG and tetrasaccharide were different due to differences in chemical structure
(Figure 4a). Superimposition of these hLZM structures showed that most of the amino
acids interacting with saccharide molecules underwent large conformational changes of
their side chains on the active-site cleft of hLZM (Figure 4b). Residues Tyr81 and Val128, in
particular, demonstrated large differences in side-chain conformation.

Subsequently, the crystal structure of hLZM-NAG was compared with those of hLZM
complexed with 2′,3′-epoxypropyl α-glycoside derivatives of the disaccharides [NAG-NAG-
EPO (PDB ID: 1REY) or GAL-NAG-EPO (PDB ID: 1REZ)]. In these complex structures,
the NAG molecule is located on subsite C (Figure 4c), which coincides with the substrate
binding site model. The second sugar of the two ligands (either NAG or GAL) is located on
subsite B, but with a slightly different conformation (Figure 4c). This indicates that the sugar
recognition mode of hLZM depends on the number and type of sugar. Superimposition of
these structures showed that, in the active-site cleft of hLZM, most amino acids interacting
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with saccharide molecules underwent small conformational changes of their side chains
(Figure 4d).

Figure 4. Comparison of α-D-NAG-bound and tetrasaccharide-bound hLZM. (a) Superimposition
of hLZM-NAG (cyan) with a tetrasaccharide fragment from the O-chain of lipopolysaccharide
from Klebsiella pneumonia (orange; PDB ID: 5LSH). The O6 atoms of tetrasaccharide and the N-
acetyl group of α-D-NAG are indicated by red dots. (b) Superimposition of saccharide residues
interacting with hLZM complexed with α-D-NAG (cyan) and the tetrasaccharide fragment (orange).
(c) Superimposition of hLZM-NAG (cyan) with hLZM complexed with NAG-NAG-EPO (blue;
PDB ID: 1REY) and NAG-GAL-EPO (brown; PDB ID: 1REZ). The N-acetyl groups of α-D-NAG,
NAG-NAG-EPO, and NAG-GAL-EPO are indicated by red dots. (d) Superimposition of saccharide
residues interacting with hLZM complexed with α-D-NAG (cyan), NAG-NAG-EPO (blue), and
NAG-GAL-EPO (brown).

To evaluate the degree of conservation in the binding mode of α-D-NAG among the
c-type lysozyme family, the crystal structure of hLZM-NAG was compared with that of
the crystal structure of α-D-NAG-bound chicken egg-white lysozyme (cLZM), which is
a well-studied model structure of c-type lysozyme. The antibacterial activity of hLZM is
three-fold higher than that of the antibacterial activity of cLZM [1]. The sequence identity
between hLZM and cLZM was 59% (Figure 5a). To date, three α-D-NAG-bound cLZM
have been deposited in PDB. One of the crystal structures of cLZM (PDB ID: 1JA7) was
determined in a powder diffraction study [29], while the other two crystal structure of
cLZM (PDB ID: 7BHM and 7BHN) were determined by serial crystallography performed at
room temperature [30]. In the case of the latter two crystal structures of α-D-NAG-bound
cLZM, the results are highly similar due to only differences in the NAG mixing times
being used. Accordingly, only one of these crystal structures of α-D-NAG-bound cLZM
(7BHN) was compared in this study (the one that underwent the longer NAG-mixing
time). Superimposition of the α-D-NAG-bound hLZM with that of the α-D-NAG-bound
cLZM-1JA7 and cLZM-7BHN had an RMSD of 1.279 Å and 0.475 Å, respectively, for the
main chain of hLZM. The glucosamine group of α-D-NAG was positioned toward to the
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active-site residues Asp35 and Glu71 in hLZM, whereas the N-acetyl group of α-D-NAG
was positioned toward to active-site residues in cLZM-1JA7 (Figure 5b). As a result, a
similarity in the α-D-NAG-binding modes for hLZM and cLZM-1JA7 was not observed. In
contrast, in cLZM-7BHN, the glucosamine group of α-D-NAG was positioned toward the
active site of cLZM, similar to that of α-D-NAG-bound hLZM (Figure 5c). Moreover, the
binding mode of the N-acetyl group of α-D-NAG was similar between hLZM and cLZM
(Figure 5c). Meanwhile, the position of the O6 atom in the glucosamine group of α-D-NAG
from hLZM and cLZM differed by 3.95 Å.

Figure 5. Comparison of hLZM and cLZM. (a) Sequence alignment of hLZM (Uniprot: P61626) and
cLZM (P00698). (b) Superimposition of the crystal structures of α-D-NAG-bound hLZM with cLZM
(PDB ID: 1JA7), which was determined through a powder diffraction study. (c) Superimposition of
the α-D-NAG-binding sites of hLZM and cLZM (PDB ID: 7BHN), which was determined through
serial femtosecond crystallography.

4. Conclusions

The hydrolases hLZM plays a significant role in the antibacterial and antiviral immune
responses in human infants. In this study, the high-resolution crystal structure of hLZM
complexed with N-acetyl-α-D-glucosamine, a component of peptidoglycan, was reported
for the first time. Six subsites for sugar binding were identified in the cleft of the active site
of hLZM, with the α-D-NAG molecule being only observed in the middle of subsites C and
D. This result indicates that a single α-D-NAG molecule prefers to bind near the active site
of hLZM. Although the binding mode of α-D-NAG to hLZM is not fully consistent with
that of other hLZM-tetrasaccharide or cLZM-α-D-NAG binding modes, the position of
saccharide binding was similar. This indicates that the specific NAG binding to hLZM and
cLZM are distinct, but the subsites C and D are positionally important for the recognition
of a single NAG molecule. Meanwhile, the previous peptidoglycan binding and cleavage
model of hLZM suggested that the NAG molecule may prefers to interact with subsites A, C,
or F; however, the current actual experimental results located α-D-NAG only in the middle
of subsites C and D. This indicates that the modes of binding of a single α-D-NAG molecule
compared with that of the actual substrate molecule consisting of NAG-NAM may differ.
Accordingly, further structural and biochemical experiments will be required to identify
the interactions between hLZM and their substrates. Nevertheless, this study provided a
greater understanding of how hLZM recognizes single α-D-NAG molecules, which is a
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component of peptidoglycan, and how it differentiates it from other sugar-binding LZM
structures. The results from this study will provide new insights into sugar recognition of
hLZM and the role hLZM plays in the immune system.

Supplementary Materials: The following supporting information can be downloaded at: https://
www.mdpi.com/article/10.3390/app12094363/s1, Figure S1: Electron-density map of hLZM after
adding NAG and refinement, Figure S2: Electron-density map of hLZM-NAG1 and hLZM-NAG2,
Figure S3: Superimposition of crystal structures of hLZM-NAG1 and hLZM-NAG2, Figure S4:
Electron-density map of the acetate ion in native hLZM, Figure S5: Interaction between the acetate
ion and hLZM.
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