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Environmental exposure to metallic neurotoxicants is a matter of growing concern,
since it may have very significant consequences for human health, from impairing neu-
rodevelopment in children to the neurodegeneration processes involved in aging. The
evaluation of the risks associated with the release of metals in the environment, the spe-
ciation analysis in environmental and biological samples, and the definition of relevant
biological models to assess neurotoxicity are important research objectives. The aim of
this Special Issue on the “Neurotoxicity of Environmental Metal Toxicants” is to provide a
broad overview of the current work being performed in the field of the neurotoxicology
of metallic contaminants, from the identification of emerging toxic compounds and the
assessment of environmental exposures and associated risks to the description of the molec-
ular mechanisms involved in neurotoxicity. Five original research articles and five review
articles are reported in this Special Issue.

The impact of Alzheimer’s disease (AD) on human health is a matter of great concern.
The causes of AD are still unknown and exposure to certain environmental metals may
contribute to the etiology of this disease. In particular, the association of exposure to
environmental arsenic and AD is an emerging field of research and the literature on this very
important topic is reviewed by Rahman et al. [1]. Long-term exposure to arsenic has been
associated with the loss of memory and of cognitive functions in humans, including early
indicators of AD. Arsenic can induce oxidative stress, neuroinflammation, mitochondrial
dysfunction, endoplasmic reticulum stress, and impaired calcium signaling. The authors
also discuss possible prevention strategies such as using zinc or selenium supplementation.

The mechanisms of copper neurotoxicity and their presentation of commonalities with
the known mechanisms of neurodegeneration in AD are reviewed in the article from Patel
and Aschner [2], particularly concerning the relationship between beta-amyloid plaques
and copper. Beta-amyloid plaques have two copper-binding sites that may be involved in
the generation of reactive oxygen species. Copper ions have a high affinity for the metal-
binding site of the Aβ peptide, which increases the proportions of β-sheet and α-helix
structures in Aβ aggregations, thus forming plaques. In addition, exposure to excessive
concentrations of copper may induce brain inflammation, which in combination with Aβ

aggregation would contribute to the progression of AD.
There are multiple sources of exposure to environmental metals. One of these sources

of exposure is food. The review article from Spencer and Palmer [3] examines the neurotoxic
potential of metal/metalloids in plants and fungi used for food, dietary supplements, and
herbal medicine. Some fungi are particularly likely to accumulate neurotoxic metals and
metalloids such as arsenic, lead, cadmium, or mercury. Air pollution and industrial effluent
discharges contaminated with metals lead to the accumulation of these metals in plants,
and ultimately, in food. As reviewed by the authors, the neurotoxicity of metals through
plant consumption can be direct or indirect by modulating chemical species known to
produce neurotoxic effects.

Neurotoxic metals have a wide variety of intracellular targets in neurons where they
alter physiological functions. One of the main targets of metal-induced neurotoxicity is the
mitochondria, as shown in the review article from Cheng et al. [4]. Mitochondrial dysfunc-
tion has been associated with most neurodegenerative diseases, such as AD, Parkinson’s
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disease, Huntington’s disease, and amyotrophic lateral sclerosis, but also with autism. For
example, arsenic-induced mitochondrial dysfunction in neurons is a central mechanism of
neurotoxicity. The effects of arsenic, aluminum, copper, cadmium, mercury, lead, zinc, iron,
and manganese on mitochondrial functions and their consequences on neurodegeneration
are reviewed by the authors.

Synapses are another potential target of metal-induced neurotoxicity, as reviewed by
Carmona et al. [5]. Neurotoxic metals can interact with neurotransmitter receptors, as is the
case for arsenic, cadmium, manganese, and lead, through interactions with the expression or
activity of several neurotransmitter receptors, mainly the glutamatergic receptors, but also
dopamine, GABA, and acetylcholine receptors. Another molecular mechanism of metal-
induced neurotoxicity is the modification of the synaptic structure targeting important
scaffolding proteins such as SHANK3 or cytoskeleton proteins (e.g., F-actin and tubulin).
The molecular mechanisms involved may be oxidative stress or competition with zinc- or
copper-binding sites in synaptic scaffold and/or cytoskeleton proteins.

Two research articles reported in this Special Issue used the 2011–2014 National Health
and Nutrition Examination Survey (NHANES) data. Barahona et al. determined the
relationship between blood and urinary manganese levels and cognitive function using
the NHANES data [6]. This is the first study to examine associations between blood
and urinary manganese levels and cognitive function in an elderly population. Blood
and urinary manganese levels were inversely associated with the CERAD (Consortium
to Establish a Registry for Alzheimer’s Disease) after adjusting for all covariates; these
associations were no longer significant after adjusting for the medical history. The findings
suggest that increased blood and urinary manganese levels are associated with poorer
cognitive function in an elderly population.

Metal neurotoxins not only affect cognition and memory but also neuromotor func-
tions. This is well illustrated in the article from Gbemavo and Bouchard [7], who examined
the relationship between blood concentrations of various metals and hand grip strength
using the NHANES 2011–2014 dataset. They show that blood concentrations of mercury
and manganese are not associated with grip strength, whereas lead is associated with a
weaker grip strength in women, but not in men, even at low levels of exposure. In addition,
low blood selenium levels were associated with weaker grip strength.

Methylmercury is an environmental toxicant of high concern, and chronic methylmer-
cury exposure is associated with diabetes mellitus and metabolic syndrome. The study
by Crawford et al. addressed methylmercury toxicity by examining its possible role in
metabolic diseases using C. elegans [8]. The worms fed a cholesterol supplemented diet
were more sensitive to methylmercury toxicity. The authors also examined whether the
feeding habits of C. elegans were related to specific neuronal activity. The results showed
that diet did not affect neurotoxicity pathways, such as dopaminergic dysfunction, in
response to methylmercury exposure; however, diet did affect the feeding rate.

Another major concern in recent years has been cobalt-induced neurotoxicity after
hip arthroplasty with cobalt chromium alloy prostheses. Gómez-Arnaiz et al. studied the
mechanisms of cobalt neurotoxicity in rats treated with low concentrations of cobalt [9],
which resulted in cobalt levels in the blood similar to those of patients with hip implants. A
significant accumulation of cobalt in various organs of the rats, including the brain, was
found. The authors measured the gene expression in neural tissue and revealed that the
most up- or down-regulated genes were located in the choroid plexus, which is in direct
contact with neurotoxicants at the blood–cerebrospinal fluid barrier.

Manganese is a well-known neurotoxic element, but the mechanisms of this toxicity are
still poorly understood. Hernández et al. used SH-SY5Y neuroblastoma cells differentiated
with retinoic acid to compare the toxicity of manganese chloride and manganese citrate [10].
Both chemical species of manganese induced similar toxicity governed by the disruption
of protein metabolism, but with some differences. Manganese chloride impaired amino
acid metabolism while manganese citrate inhibited the E3 ubiquitin ligase–target protein
degradation pathway.
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In conclusion, the scientific community will face many challenges in identifying and
preventing the adverse effects of environmental metal exposure on brain health. We hope
that this Special Issue will help to increase the visibility of this field of research, intensify
collaborations, and increase the exchange of information between the different scientific
communities concerned by this research topic.

Funding: This research received no external funding.

Conflicts of Interest: The authors declare no conflict of interest.
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Abstract: Alzheimer’s disease (AD) is one of the most prevailing neurodegenerative diseases, charac-
terized by memory dysfunction and the presence of hyperphosphorylated tau and amyloid β (Aβ)
aggregates in multiple brain regions, including the hippocampus and cortex. The exact etiology of AD
has not yet been confirmed. However, epidemiological reports suggest that populations who were
exposed to environmental hazards are more likely to develop AD than those who were not. Arsenic
(As) is a naturally occurring environmental risk factor abundant in the Earth’s crust, and human
exposure to As predominantly occurs through drinking water. Convincing evidence suggests that As
causes neurotoxicity and impairs memory and cognition, although the hypothesis and molecular
mechanism of As-associated pathobiology in AD are not yet clear. However, exposure to As and its
metabolites leads to various pathogenic events such as oxidative stress, inflammation, mitochondrial
dysfunctions, ER stress, apoptosis, impaired protein homeostasis, and abnormal calcium signaling.
Evidence has indicated that As exposure induces alterations that coincide with most of the biochem-
ical, pathological, and clinical developments of AD. Here, we overview existing literature to gain
insights into the plausible mechanisms that underlie As-induced neurotoxicity and the subsequent
neurological deficits in AD. Prospective strategies for the prevention and management of arsenic
exposure and neurotoxicity have also been discussed.

Keywords: arsenic; Alzheimer’s disease (AD); environmental risk factor; mitochondrial dysfunction;
proteostasis; apoptosis; phytochemicals

1. Introduction

Alzheimer’s disease (AD) is the most prevalent neurodegenerative disease and the
prime cause of dementia among the elderly. The main pathological features are intracellular
aggregates comprising phosphorylated tau protein, which forms neurofibrillary tangles
(NFTs), as well as extracellular deposition of amyloid-β (Aβ) leading to the formation of
senile plaques (Figure 1) [1–4]. About 70% of AD risk has been considered to be inherited,
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and several genes are commonly involved, while the actual causes along with molecular
mechanisms have not yet been well understood [4,5]. It has been found that brains are
affected by AD mostly via activated microglia, reactive astrocytes, oxidative damage, and
altered proteostasis [6]. Recent observations suggest that exposure to several environmen-
tal factors may enhance the prospective risk of AD [3], although the authentic etiology of
AD is not yet clear. Several investigations have emphasized that environmental risk factors
may play a significant role in accelerating or decelerating the progression of AD. Such envi-
ronmental risk factors include particulate air, pesticides, metal-containing nanoparticles,
and numerous metalloids such as arsenic, aluminum, lead, cadmium, and mercury [3,7,8].
Arsenic has been found to be the most toxic metalloid responsible for the neurotoxicity
associated with AD development in the brain, impairing cognitive function [7], although
the role of As exposure in AD development has been poorly elucidated.

Figure 1. Mechanism of AD pathogenesis. The amyloid pathway is important to accumulate neurotoxic Aβ plaque via
releases of β-secretase, which produces extracellular sAPPβ and C99. Cleavage of the C99 fragment by γ-secretase releases
Aβ oligomer, which subsequently produces Aβ peptide. By the action of α-secretase, two fragments of sAPPα and C83 are
produced by the non-amyloid pathway. The non-amyloid pathway cleavages APP via α-secretase to produce two fragments:
C83, an 83 amino acid intracellular C-terminal fragment, and extracellular sAPPα, soluble amyloid precursor protein α.
Cleavage of the C83 fragment by γ-secretase yields a P3 peptide and CTFγ.

According to epidemiological investigations, populations around the world are in-
creasingly recognizing that childhood is the most vulnerable stage during which a low
level of As exposure has a detrimental effect on AD development [8]. Exposure has been
found to be connected to learning deficiency, variations of neurotransmitter release, and
behavioral deficits [9]. Inorganic arsenic (iAs) exposure through drinking water leads to the
bioenergetic impairment of 3xTgAD, in an AD model, compared to counterparts, suggest-
ing that As exposure exacerbates AD pathophysiological progression [10]. Additionally,
inorganic and organic As exposures increase APP and sAPPβ expression in cholinergic
SN56.B5.G4 cells [9]. Moreover, prolonged arsenic exposure causes an increase in tau
phosphorylation and insoluble tau aggregates [11]. These observations suggest that As
might have the capacity to enhance Aβ accumulation and tau phosphorylation to initiate
senile plaque formation, leading to increased susceptibility to AD. Therefore, an exhaustive
literature review has been conducted to better understand the relationship between As
toxicity and AD development along with the pathomechanism in redefining the health
risks of As.
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2. Environmental Sources of Arsenic Exposure

The most abundant inorganic arsenic found in the air is arsenic trioxide (As2O3);
however, it may also be found in water, soil, or food, with the most prevalent being
inorganic arsenic (AsO3) or arsenites (AsO2) [12]. Gallium arsenide (GaAs) is an inorganic
arsenic compound that has serious human health effects because of its widespread use
in microelectronics [13]. Arsenic and other metals generally are the major source, with
seafood, grains, mushrooms, and poultry as the predominant dietary types. Although
seafood contains more arsenic than other meals, it is mainly called arsenobetaine in an
organic form, far less dangerous than other types. The most common causes of arsenic
poisoning include occupational exposure, contaminated wine or moonshine, or malicious
delivery [14]. Recently, traditional Chinese herbal arsenic-enhanced remedies have been
found to represent a considerable risk to health [15]. In cosmetic color, pigments used
to make eye shadows, toxic substances such as arsenic are often discovered. Eyelash
skin is particularly sensitive, and eczema can be caused by applying eye-shadows [16].
Arsenic particles that are water-soluble can be absorbed by wet skin. When arsenic enters
the circulatory system at high amounts through percutaneous absorption, there is a risk
of carcinogenesis [17]. It was advised that the cosmetic products comprise fewer than
5 ppm of metal contaminants based on recognized toxicity research. Arsenic, which is
common in water, soil, and food, can quickly enter the human body when swallowed.
The majority of dust parts are placed on the lining when the air containing arsenic dust is
inhaled [18]. The material that goes through the skin into the body is very small, which
limits internal exposure to arsenic; therefore, there is highly unlikely that it will lead to
arsenic poisoning [19]. A simple diffusion mechanism enables the majority of arsenic
to enter the body in the trivalent inorganic form As(III) [20]. Only a limited amount of
pentavalent inorganic arsenic can move through cell membranes via an energy-dependent
transport process prior to being converted into trivalent arsenic. As arsenic is excreted
through urine, both organic and inorganic, most inorganic arsenic could be removed in
a few days, although some will linger for months. Organic arsenic is normally removed
faster than inorganic arsenic within a few days [21]. Arsenic and other metals in soil have
a seriously detrimental effect on health in various places of the world. In Bangladesh and
West Bengal, India, some of the worst occurrences of arsenic poisoning were observed
where close to 43 million people drank arsenic-laden water [22]. WHO suggested the
arsenic limit for water is 0.001 μg/L, although a level up to 0.05–3.20 μg/L has been
found [23].

Epidemiological data show that environmental arsenic ranges from 7 to 18 μg/L
in topsoils are certainly associated with the mortality and prevalence of AD [24]. In an
epidemiological study with 434 human participants, it was found that low-level arsenic
exposure was related to poor neuropsychological action [25]. Nevertheless, an additional
study showed a positive relationship between cognitive ability and serum arsenic, which
suggests that consumption of seafood arsenic (docosahexaenoic acid) plays an important
role in delaying AD pathogenesis [26]. Another study has indicated that in rat cerebellar
granule neurons, As exposure led to apoptosis and neurotoxicity via activation of JNK3
and p38 MAP kinase signaling pathways [27]. Importantly, animal and human studies
have found that air pollution is also a source of exposure and can worsen the pathology
of neurodegenerative disease, which may involve the development of neurotoxicity [28].
Thus, experimental, clinical, observational, and epidemiological studies have described
that As causes AD pathogenesis. The relationship between environmental arsenic and
incidence of AD is presented in Table 1.
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Table 1. Environmental arsenic factors highly related with AD pathogenesis.

Dose and Level
of Arsenic

Study Model
Effects/Molecular

Mechanism
References

13–15 mg/kg.
Mortality data by WHO,

epidemiological and
geological data.

Induce AD and other
dementias as a composite

morbi-mortality index.
[24]

Sodium arsenite
(10 μM).

Cerebellar granule
neurons of rats.

Activation of p38 and JNK3
MAP kinases cause
cerebellar granule

neurotoxicity
and apoptosis.

[27]

Groundwater long
exposure of

240.15 ± 182.96 μg/L.

Longitudinal
epidemiological
human study.

Low and long As exposure
linked to global

cognition function.
[25]

Drinking water
(10 μg/L).

Rat and human brain.
Tau hyperphosphorylation

and APP over
transcription.

[28]

3. Prevalence of Arsenic Exposure and Potential Risk of AD Development

While inorganic arsenic (As) is a well-known neurotoxic metalloid with adverse
neurological and cognitive impacts, the consequences on the elderly have received less
attention. Only a few investigations have looked at As exposure as a risk factor for
developing Alzheimer’s disease [8]. According to a study conducted on rural and elderly
people in Texas (Project Frontier), poor cognitive ability and memory (after being adapted
to confounders such as ApoEε4) revealed early indicators of Alzheimer’s disease, which
are associated with long-term exposure to low arsenic levels (3–15 μg/L As in water) [29].
Occupational arsenic exposure was associated with memory loss and cognition function in
humans [30]. In Thailand, India, Bangladesh, Mexico, Taiwan, and mainland China, chronic
arsenic exposure in the air or drinking water has consistently been found to be related
to memory reduction as well as intellectual capabilities in adolescents or children [7]. It
has been documented that there was a potential connection between arsenic exposure in
drinking water and cognitive dysfunction among adults living in a rural area of Cochran
County, Texas [25]. Furthermore, arsenic exposure in childhood might be linked with lower
education levels and AD. Therefore, arsenic exposure appears to have a more potent effect
on cognitive function in AD throughout the lifetime, consistent with the lifelong-exposure
hypothesis for AD.

4. Molecular Basis of Arsenic Toxicity and Its Implication in AD Pathobiology

Arsenic exposure has a direct impact on its toxic effects, but its exact molecular
mechanism of action is not fully understood yet. There are several hypotheses: one is
the generation of reactive free radicals, which oxidize cellular components such as lipids,
proteins, and DNA, ultimately causing oxidative stress and subsequent damage to cells
(Figure 2). Arsenic-induced oxidation of DNA leads to a reduction in the antioxidant
capability of rodents’ brains and protein thiols in the hippocampus, striatum, and cortex,
resulting in downregulating ATP-synthase and encouraging peroxidation of lipids in rat
brains [31]. In drinking water, 0.005 to 0.02 ppm as well as 0.01 to 0.05 ppm environmental
arsenic exposure in humans and mice, respectively, enhances oxidation of DNA and
proteins, and oxidative damage with inflammatory responses [32]. All this evidence
suggests that arsenic is a possible etiologic factor for the oxidative stress hypothesis in AD
pathogenesis, which could anticipate that levels of oxidized metabolites of RNA, DNA,
fatty acids, and proteins increase in AD brains [9,33,34].
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Figure 2. Arsenic-induced mitochondrial dysfunction and ROS generation in AD. As induces ROS
production by mitochondrial dysfunction. NADPH oxidase (NOX) contributes to generate superoxide
anions, which leads to the release of ROS in cells. ROS generation impairs fatty acids, proteins, and
DNA, inducing neuroinflammation and subsequently causing cognitive dysfunction in AD.

Arsenic exposure has been found to reduce memory as well as learning ability in ani-
mal models where offspring of mice treated with 0.75 mg/kg of arsenic during pregnancy
displayed neurobehavioral retardation in fetal origin [35]. Inorganic As (20 mg/L) induced
severe spatial memory losses in mice during pregnancy and early postnatal life [7]. The
modification of the amyloid pathway is a plausible explanation of cognitive and memory
problems due to As exposure [3,36]. It has been reported that incubation of cholinergic
SN56.B5.G4 cells with organic dimethylarsinic acid (DMA) (5–10 μM/12–24 h) increased
Aβ levels [9]. However, Tg2576 mouse neurons have been shown to have similar effects (a
murine model that overexpresses a mutant form of APP most used in AD) [37]. The effects
of DMA are presumed to be attributable to higher Aβ anabolism (greater APP explication),
although the Aβ degradation process has not changed. The method by which As produces
excess Aβ is not known, but the inflammatory response in the brain and the oxidative
stress are associated, which is compatible with the hypothesis of Alzheimer’s pathobiology
(Figure 3) [33,38].
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Figure 3. Arsenic induces Aβ accumulation during AD pathogenesis. APP cleaves through the enzymatic action of β- and
γ-secretase, which subsequently produces Aβ plaque. Dietary antioxidants may hinder the formation of Aβ plaque and
ROS, and thereby may prevent AD progression.

4.1. Mechanism of Arsenic-Induced Neurotoxicity

Human exposure to As is related to extensive neurological problems, including poor
concentration, impaired memory, Guillain–Barre-like neuropathy, encephalopathy, verbal
comprehension, Parkinson’s disease, and peripheral neuropathy [34]. The exact mecha-
nisms that underlie arsenic neurotoxicity are largely not yet known. However, experimental
evidence suggests that pathological factors including oxidative stress, inflammation, mi-
tochondrial dysfunctions, ER stress, apoptosis, and impaired protein homeostasis are
supposed to be implicated in AD pathobiology [39].

4.1.1. Oxidative Stress

Oxidative stress plays a critical role in the pathobiology of various neurological
disorders, including AD [40]. Oxidative stress is accompanied by an increase in reactive
oxygen species (ROS) and lipid peroxidation, reduced levels of superoxide dismutase
and glutathione (GSH) [41], and constitute the most important mechanism hypothesized
for arsenic-mediated neurotoxicity. Intracellular ROS production appears to be the key
mechanism of arsenic-induced neurotoxicity. Arsenic-methyltransferase, possibly a protein-
binding substrate in the brain, is involved in the processing of inorganic arsenic (iAs) in
the presence of GSH, monomethylarsonic acid (MMA), and DMA [42]. Depletion of GSH,
therefore, hampers the metabolic processing of IAs. Furthermore, oxidative damage has
been associated with the rise in BACE1 activity and consequently with Aβ levels in animal
brains exposed to iAs over time [3]. Oxidative stress thus seems to play an essential role in
arsenic-mediated neurotoxicity.

4.1.2. Neuroinflammation

Neuroinflammation is another crucial event that largely contributes to AD patho-
biology [43]. Evidence suggests that arsenic plays a vital role in neuroinflammation via
activation of microglia through secretion of pro-inflammatory cytokines, which could
damage cognitive function, intellectual ability, and learning and memory functions [11,44].
Arsenic administration augmented ROS-mediated expression of pro-inflammatory cy-
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tokines in rats via activation of MAP kinase and protein kinase C through increased mRNA
levels of pro-inflammatory markers such as TNFα, IL-1β, and IFNγ with protein expression
of TNFα and IFNγ [45]. Intake of excess arsenic implicated MBP-activated autoimmu-
nity and neuroinflammation in athymic nude mice with depleted T cell populations in
peripheral lymphoid organs [46].

4.1.3. Mitochondrial Dysfunction

Mitochondria occupies a central position in cellular bioenergetics. Mitochondrial dys-
function and oxidative stress are closely linked and, together with inflammation, constitute
a pathological triad [47]. Understanding molecular mechanisms that underlie mitochon-
drial dysfunction might be useful to progress therapeutic approaches to be effective against
arsenic-mediated neurotoxicity. Several reports have described impairment of brain mito-
chondria during arsenic-mediated toxicity [48,49]. Mitochondrial ROS accumulation has
been found after arsenic treatment in rat brains [49]. It has been indicated that Aβ lowered
the activity of mitochondrial complex I in As-induced 3xTgAD mice. This study indicates
that amyloid aggregates can hinder mitochondrial function. In this hypothesis, reductions
in ATP generation are responsible for the endoplasmic reticulum (ER) stress leading to
the accumulation of the malfunctioning proteins in its lumen [50]. Arsenic has shown its
mutagenic response via disruption of mitochondrial function. As-induced perturbation to
mitochondrial oxidation caused production of excess superoxide anions, which when re-
acted with nitric oxide generate highly reactive peroxynitrites [44]. Arsenic toxicity affects
the mitochondrial membrane potential via generating ROS and DNA fragmentation, and
ROS overproduction is associated with apoptosis induction by the release of cytochrome
c, which activates the caspase pathway (Figure 4) [51]. Thus, mitochondria are the major
target in arsenic-mediated neurotoxicity and the subsequent neurological deficits in AD.

4.1.4. Endoplasmic Reticulum (ER) Stress

Current evidence suggests a relationship between ER stress and arsenic-induced neu-
rodegenerative diseases [3,52]. Arsenic has been found to induce endoplasmic reticulum
(ER) stress via accumulation of misfolded proteins, which results in neurotoxicity and
cell death [53], although the underlying molecular mechanisms are not well understood.
Recently, it has been described that arsenic-mediated ER stress and neurotoxicity are as-
sociated with early neurodevelopment, which can be alleviated by microRNA-124 [52].
Additionally, in MIN6 cells, arsenic impaired mitochondrion function through diminish-
ing mitochondrial membrane potential and decreased cytochrome c release, which cause
mitochondrial ROS generation [54].

4.1.5. Apoptosis

Arsenic toxicity involves apoptosis as a common phenomenon of cell death. Arsenic-
induced neurotoxicity has been involved in apoptosis induction in the cerebral neurons via
activation of JNK3 and p38 mitogen-activated protein kinase (p38MAPK) pathways [27].
Recently, it has been found that arsenic prompts neuronal apoptosis through upregu-
lating Bax levels as well as decreasing Bcl-2 protein [55]. Additionally, arsenic-induced
keratinocyte apoptosis in the extrinsic apoptotic pathway involves Fas/FasL, which is
correlated with modifications of AP-1 and NF-κB pathways [56]. Arsenic-induced neuronal
cell death involves activation of autophagy-dependent apoptosis through inactivation of
the Akt pathway and activation of the AMPK pathway [57].
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Figure 4. Arsenic exposure induces apoptotic factors from mitochondria to cause neurotoxicity.
Mitochondria are the main target in arsenic-mediated neurotoxicity. Arsenic-mediated oxidative
stress by hydrogen peroxide and NADPH oxidase generates ROS production, which can disrupt
membrane potential resulting in cytochrome c release. Mitochondrial apoptotic markers, for example,
Bax/Bim and Bcl-XL/Bcl-2, and numerous inflammatory markers (NF-kβ) alter and activate caspase
activation, which causes cell damage and cell death via apoptosis.

4.1.6. Impaired Proteostasis

Protein quality control systems, also known as protein homeostasis or simply pro-
teostasis, play a significant role in cellular physiological functions. Impairment in proteosta-
sis leads to aberrant deposition of protein aggregates, which are characteristics of many
neurodegenerative disorders such as Aβ aggregate in AD [58,59]. Compelling evidence
from recent studies suggests that chronic exposure to inorganic arsenic can disrupt protein
quality control and clearance systems, which contribute to the pathobiology of proteino-
pathic brain disorders such as AD. Arsenic-mediated post-translational modifications of
proteins and disruptions of ubiquitination may culminate in impairment in proteostasis [60].
Genome-wide imaging screen analysis uncovers the molecular causes of arsenite-mediated
protein aggregation and toxicity studied on Saccharomyces cerevisiae deletion mutants [61].
Recently, it has been found that three ER stress sensors viz. ATF6α, IRE1α, and PERK
have an important role in ER stress-related autophagy, mitochondrial dysfunction, and
unfolded protein response (UPR) in arsenic-induced malignancies to identify vital targets
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for therapeutics of neurodegenerative and cancer prevention [62]. Furthermore, arsenic
prevents SNARE complex formation via increasing SNAP29 O-GlcNAcylation, which
perturb proteostasis, and transfection of O-GlcNAcylation-defective CRISPR-mediated
SNAP29 knockout cells eliminates arsenic-induced autophagy inhibition [63]. Additionally,
arsenic has been found to induce autophagy inhibition and ER stress induction, which
suggests low arsenic-mediated recovery of oxidative stress, and restoring proteostasis by
the autophagy pathway [64]. Particularly, arsenic-mediated UPR activation is related to
the accumulation of p62 and LC3 protein aggregates in the sequestration of autophagic
protein clearance [65], and activation of UPR as well as formation of aggregated protein
might be targeted to the lysosomal degradation of proteostasis.

4.1.7. Impaired Calcium Signaling

Arsenic-induced mitochondrial dysfunction causes a decline in ATP generation, which
is responsible for ER stress, leading to calcium build-up in intracellular compartments
and impairment in calcium signaling, most likely due to a lack of recovery systems [50].
Altered calcium signaling can cause cognitive impairment or the development of tau
hyperphosphorylation by activating protein kinases such as GSK-3. Hyperphosphorylated
tau and amyloid aggregates interact with mitochondria, generating complex I shortages
and leading to an establishment of a vicious cycle of energy deprivation and proteostasis
(Figure 5) [66].

Figure 5. Arsenic influences tau hyperphosphorylation in AD. Hyperphosphorylated tau aggregates and acts on mitochon-
dria, triggering energy deficit.

5. Management and Control of Arsenic-Induced Neurological Deficits

Although the epidemiological reports and experimental evidence clearly demonstrate
that high exposure to arsenic results in abnormalities in the developing brain and cognitive
deficits in adults, the specific management strategy that can effectively address arsenic-
induced neurological deficits is yet to be developed. However, the approaches such as
administration of biological trace elements (zinc and selenium), antioxidants and arsenic
chelators, high-protein diets, and exposure to an enriched environment could be the
possible strategies that can ameliorate arsenic-induced systemic deficits.

The forefront strategy that has been shown to be effective in alleviating arsenic-
induced toxic effects is the dietary inclusion of trace elements such as zinc and selenium.
Zinc can prevent arsenic-induced neurotoxicity in fish models by preserving the blood–
brain barrier and attenuating apoptosis and autophagy dysfunction [67]. In several other
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studies with common carp, zinc supplementation also has been shown to be effective
in protecting against arsenic-induced toxicity in the heart [68], kidney [69,70], liver [71],
spleen [72], and pancreas [73]. In a rat model of chronic arsenic toxicity, zinc supplemen-
tation can protect against damages to the liver and kidney [74]. In a neuronal cell line,
zinc was shown to alleviate arsenic-induced apoptosis (Figure 6) [75]. Early-stage zinc
supplementation in pregnant women can prevent preterm birth induced by arsenic toxicity,
as observed in a rural Bangladesh birth cohort [76]. Another vital trace element with
antioxidant potential is selenium that has been reported to be protective against arsenic tox-
icity. Selenium co-administration can protect against arsenic-induced behavioral deficits in
rats through a mechanism involving anti-inflammation, antioxidation, and anti-apoptosis
(Figure 6) [77]. In another study by Samad and colleagues, selenium supplementation
through drinking water ameliorated arsenic-induced anxiety/depression and memory
deficits in rats [78]. In chickens exposed to arsenic at a subacute dose, selenium (up to
10 mg/kg) prevented oxidative damage, neurotransmitter disorders, and apoptosis in the
brain [79]. Additionally, selenium was reported to be effective in ameliorating arsenic-
induced damage to other tissues including the liver [80], reproductive organs [81], and
other organs [82].

Figure 6. Possible protective mechanism of selenium and zinc against As toxicity. Arsenic induces
oxidative stress, followed by DNA damage, ER stress, and mitochondrion dysfunction, which
subsequently trigger apoptosis. Se–As complex inhibits oxidative stress, and Cd–Se prevents ROS
production, DNA damage, and apoptosis. Additionally, Zn–Cd complex activates mitochondrial
stabilization and inhibits oxidative stress and apoptosis.

In addition to biological trace elements, food-derived bioactive compounds that can
attenuate oxidative stress and inflammation have protective potential against arsenic-
induced tissue damage [83]. The most notable of the natural compounds are curcumin,
quercetin, gallic acid, genistein, resveratrol, and thymoquinone, whose protective effects
against arsenic toxicity have been supported by multiple studies in animals [84,85]. How-
ever, extrapolation of the beneficial effects of these compounds from preclinical evidence to
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clinical patients requires further validation. A limited number of studies of phytochemical
effects on arsenic-induced toxicity in brain disorders have been reported. Green tea and
vitamin C attenuated arsenic-induced lipid peroxidation in rat brains [86]. In addition, the
leaf extracts of Annona muricata reduced arsenic-mediated neurotoxicity [87,88]. Besides,
the treatment of arsenic intoxication is carried out mainly by chelation therapy using dimer-
caprol and aqueous garlic extract in A375 cells [89]. Garlic extract is a potential antidote to
the toxic effects of sodium arsenite in mice [90]. Allicin, a bioactive compound of garlic,
decreases arsenic-induced oxidative stress and toxicity in mice [91]. The aqueous extracts
of garlic and its derivative, allicin, take part in chelation of arsenic [92]. Additionally,
combined effects of various plant extracts have been recorded for arsenic-induced hema-
tological, renal, and hepatic alteration in experimental animals [93–95]. Nanocapsulated
quercetin prevented arsenic-induced damage in various organs, including brains of rats
and mice [96,97].

Access to a high-protein diet also can help mitigate arsenic toxicity. Evidence suggests
that ensuring an enriched environment can be a prospective strategy against arsenic-
induced neurological problems, probably by alleviating depression and stress [7]. Moreover,
conventional therapy that uses various chelating agents such as dimercaprol (BAL, British
antilewisite), dimercaptosuccinic acid (DMSA), and penicillamine still may benefit arsenic-
induced neurological deficits [98]. Beyond the management strategies outlined above,
preventive measures such as access to arsenic-free drinking water, avoiding occupational
exposure to arsenic, avoiding risk factors to neurological disorders, and provision of
nutritious foods need to be considered for the ultimate prevention of As-induced health
consequences, including neurological deficits [99].

6. Conclusions and Future Directions

Health consequences of As exposure represent one of the devastating setbacks of
environmental pollution in human history. As reported in various epidemiological and
experimental studies, arsenic extends its toxic effects to a number of vital organs, including
the brain, where it causes neurodevelopmental abnormalities in childhood and cognitive
deficits in adults. Although the underlying precise mechanisms of As-induced neuro-
toxicity have not yet been determined, the information from this review shows that the
changes caused by arsenic exposure coincide with the pathological progression, clinical
symptoms, and biochemical features of AD. While acute As toxicity can be managed by
clinical use of specific antidotes, existing strategies to manage chronic As exposure are
limited to supportive only. Extensive research involving animal models and appropriate
human subjects is crucial to explore the detailed molecular mechanisms in order to design
an effective therapeutic strategy against this menace.

Author Contributions: M.A.R.: conceptualization, data curation, writing—original draft preparation,
writing—review and editing. M.A.H.: original draft preparation, writing—review and editing. M.J.U.:
visualization, writing—original draft preparation, M.S.R.: data curation and prepared the figures,
M.M.R.: writing—original draft preparation. B.K.: supervision, review and editing, funding. All
authors have read and agreed to the published version of the manuscript.

Funding: This research was supported by Basic Science Research Program through the National
Research Foundation of Korea (NRF) funded by the Ministry of Education (NRF-2020R1I1A2066868),
the National Research Foundation of Korea (NRF) grant funded by the Korea government (MSIT) (No.
2020R1A5A2019413). M.J.U. is supported by National Research Foundation (No. 2020R1I1A1A01072879)
and the Brain Pool program funded by the Ministry of Science and ICT through the National Research
Foundation (No. 2020H1D3A2A02110924), Republic of Korea.

Institutional Review Board Statement: Not applicable.

Informed Consent Statement: Not applicable.

Data Availability Statement: Not applicable.

Conflicts of Interest: The authors declare no conflict of interest.

15



Toxics 2021, 9, 188

References

1. Rahman, M.A.; Rhim, H. Therapeutic implication of autophagy in neurodegenerative diseases. BMB Rep. 2017, 50, 345–354.
[CrossRef]

2. Moya-Alvarado, G.; Gershoni-Emek, N.; Perlson, E.; Bronfman, F.C. Neurodegeneration and Alzheimer’s disease (AD). What
Can Proteomics Tell Us About the Alzheimer’s Brain? Mol. Cell. Proteom. 2016, 15, 409–425. [CrossRef]

3. Rahman, M.A.; Rahman, M.S.; Uddin, M.J.; Mamum-Or-Rashid, A.N.M.; Pang, M.; Rhim, H. Emerging risk of environmental
factors: Insight mechanisms of Alzheimer’s diseases. Environ. Sci. Pollut. Res. 2020, 27, 44659–44672. [CrossRef]

4. Rahman, M.A.; Rahman, M.S.; Rahman, M.H.; Rasheduzzaman, M.; Mamun-Or-Rashid, A.N.M.; Uddin, M.J.; Rahman, M.R.;
Hwang, H.; Pang, M.; Rhim, H. Modulatory Effects of Autophagy on APP Processing as a Potential Treatment Target for
Alzheimer’s Disease. Biomedicines 2021, 9, 5. [CrossRef]

5. Ghai, R.; Nagarajan, K.; Arora, M.; Grover, P.; Ali, N.; Kapoor, G. Current Strategies and Novel Drug Approaches for Alzheimer
Disease. CNS Neurol. Disord. Drug Targets 2020, 19, 676–690. [CrossRef]

6. Clayton, K.A.; Van Enoo, A.A.; Ikezu, T. Alzheimer’s Disease: The Role of Microglia in Brain Homeostasis and Proteopathy. Front.

Neurosci. 2017, 11. [CrossRef]
7. Tyler, C.R.; Allan, A.M. The Effects of Arsenic Exposure on Neurological and Cognitive Dysfunction in Human and Rodent

Studies: A Review. Curr. Environ. Health Rep. 2014, 1, 132–147. [CrossRef]
8. Ramos-Chavez, L.A.; Rendón-López, C.R.; Zepeda, A.; Silva-Adaya, D.; Del Razo, L.M.; Gonsebatt, M.E. Neurological effects of

inorganic arsenic exposure: Altered cysteine/glutamate transport, NMDA expression and spatial memory impairment. Front.

Cell. Neurosci. 2015, 9, 21. [CrossRef]
9. Zarazua, S.; Bürger, S.; Delgado, J.M.; Jiménez-Capdeville, M.E.; Schliebs, R. Arsenic affects expression and processing of amyloid

precursor protein (APP) in primary neuronal cells overexpressing the Swedish mutation of human APP. Int. J. Dev. Neurosci. 2011,
29, 389–396. [CrossRef]

10. Nino, S.A.; Morales-Martínez, A.; Chi-Ahumada, E.; Carrizales, L.; Salgado-Delgado, R.; Pérez-Severiano, F.; Díaz-Cintra, S.;
Jiménez-Capdeville, M.E.; Zarazúa, S. Arsenic Exposure Contributes to the Bioenergetic Damage in an Alzheimer’s Disease
Model. ACS Chem. Neurosci. 2019, 10, 323–336. [CrossRef]

11. Wisessaowapak, C.; Visitnonthachai, D.; Watcharasit, P.; Satayavivad, J. Prolonged arsenic exposure increases tau phosphorylation
in differentiated SH-SY5Y cells: The contribution of GSK3 and ERK1/2. Environ. Toxicol. Pharmacol. 2021, 84, 103626. [CrossRef]

12. Chung, J.Y.; Yu, S.D.; Hong, Y.S. Environmental source of arsenic exposure. J. Prev. Med. Public Health 2014, 47, 253–257. [CrossRef]
13. IARC Working Group on the Evaluation of Carcinogenic Risks to Humans. Cobalt in hard metals and cobalt sulfate, gallium

arsenide, indium phosphide and vanadium pentoxide. IARC Monogr. Eval. Carcinog. Risks Hum. 2006, 86, 1–294.
14. Emadi, A.; Gore, S.D. Arsenic trioxide—An old drug rediscovered. Blood Rev. 2010, 24, 191–199. [CrossRef] [PubMed]
15. Luo, L.; Wang, B.; Jiang, J.W.; Fitzgerald, M.; Huang, Q.; Yu, Z.; Li, H.; Zhang, J.Q.; Wei, J.H.; Yang, C.Y.; et al. Heavy Metal

Contaminations in Herbal Medicines: Determination, Comprehensive Risk Assessments, and Solutions. Front. Pharmacol. 2021,
11, 595335. [CrossRef] [PubMed]

16. Borowska, S.; Brzoska, M.M. Metals in cosmetics: Implications for human health. J. Appl. Toxicol. 2015, 35, 551–572. [CrossRef]
17. Briffa, J.; Sinagra, E.; Blundell, R. Heavy metal pollution in the environment and their toxicological effects on humans. Heliyon

2020, 6, e04691. [CrossRef] [PubMed]
18. Wu, X.Y.; Cobbina, S.J.; Mao, G.H.; Xu, H.; Zhang, Z.; Yang, L.Q. A review of toxicity and mechanisms of individual and mixtures

of heavy metals in the environment. Environ. Sci. Pollut. Res. 2016, 23, 8244–8259. [CrossRef] [PubMed]
19. Liang, J.; Schoenau, J.J. Development of Resin Membranes as a Sensitive Indicator of Heavy-Metal Toxicity in the Soil Environment.

Int. J. Environ. Anal. Chem. 1995, 59, 265–275. [CrossRef]
20. Liu, Q.Q.; Leslie, E.M.; Le, X.C. Accumulation and Transport of Roxarsone, Arsenobetaine, and Inorganic Arsenic Using the

Human Immortalized Caco-2 Cell Line. J. Agric. Food Chem. 2016, 64, 8902–8908. [CrossRef]
21. Middleton, D.R.S.; Watts, M.J.; Hamilton, E.M.; Ander, E.L.; Close, R.M.; Exley, K.S.; Crabbe, H.; Leonardi, G.S.; Fletcher, T.; Polya,

D.A. Urinary arsenic profiles reveal exposures to inorganic arsenic from private drinking water supplies in Cornwall, UK. Sci.

Rep. 2016, 6, 25656. [CrossRef]
22. Ahmad, S.A.; Khan, M.H.; Haque, M. Arsenic contamination in groundwater in Bangladesh: Implications and challenges for

healthcare policy. Risk Manag. Healthc. Policy 2018, 11, 251–261. [CrossRef]
23. Mukherjee, A.; Sengupta, M.K.; Hossain, M.A.; Ahamed, S.; Das, B.; Nayak, B.; Lodh, D.; Rahman, M.M.; Chakraborti, D. Arsenic

contamination in groundwater: A global perspective with emphasis on the Asian scenario. J. Health Popul. Nutr. 2006, 24, 142–163.
24. Dani, S.U. Arsenic for the fool: An exponential connection. Sci. Total Environ. 2010, 408, 1842–1846. [CrossRef] [PubMed]
25. O’Bryant, S.E.; Edwards, M.; Menon, C.V.; Gong, G.; Barber, R. Long-Term Low-Level Arsenic Exposure Is Associated with Poorer

Neuropsychological Functioning: A Project FRONTIER Study. Int. J. Environ. Res. Public Health 2011, 8, 861–874. [CrossRef]
26. Baum, L.; Chan, I.H.S.; Cheung, S.K.K.; Goggins, W.B.; Mok, V.; Lam, L.; Leung, V.; Hui, E.; Ng, C.; Woo, J.; et al. Serum zinc

is decreased in Alzheimer’s disease and serum arsenic correlates positively with cognitive ability. Biometals 2010, 23, 173–179.
[CrossRef] [PubMed]

27. Namgung, U.; Xia, Z. Arsenic induces apoptosis in rat cerebellar neurons via activation of JNK3 and p38 MAP kinases. Toxicol.

Appl. Pharmacol. 2001, 174, 130–138. [CrossRef] [PubMed]

16



Toxics 2021, 9, 188

28. Gong, G.; O’Bryant, S.E. The Arsenic Exposure Hypothesis for Alzheimer Disease. Alzheimer Dis. Assoc. Disord. 2010, 24, 311–316.
[CrossRef] [PubMed]

29. Bakulski, K.M.; Seo, Y.A.; Hickman, R.C.; Brandt, D.; Vadari, H.S.; Hu, H.; Park, S.K. Heavy Metals Exposure and Alzheimer’s
Disease and Related Dementias. J. Alzheimers Dis. 2020, 76, 1215–1242. [CrossRef]

30. Sharma, A.; Kumar, S. Arsenic exposure with reference to neurological impairment: An overview. Rev. Environ. Health 2019, 34,
403–414. [CrossRef]

31. Alboghobeish, S.; Pashmforosh, M.; Zeidooni, L.; Samimi, A.; Rezaei, M. High fat diet deteriorates the memory impairment
induced by arsenic in mice: A sub chronic in vivo study. Metab. Brain Dis. 2019, 34, 1595–1606. [CrossRef]

32. Wai, K.M.; Umezaki, M.; Mar, O.; Umemura, M.; Watanabe, C. Arsenic exposure through drinking Water and oxidative stress
Status: A cross-sectional study in the Ayeyarwady region, Myanmar. J. Trace. Elem. Med. Biol. 2019, 54, 103–109.

33. Butterfield, D.A.; Boyd-Kimball, D. Oxidative Stress, Amyloid-beta Peptide, and Altered Key Molecular Pathways in the
Pathogenesis and Progression of Alzheimer’s Disease. J. Alzheimers Dis. 2018, 62, 1345–1367. [CrossRef]

34. Singh, A.P.; Goel, R.K.; Kaur, T. Mechanisms pertaining to arsenic toxicity. Toxicol. Int. 2011, 18, 87–93. [PubMed]
35. Ma, L.; Zhang, C.; Liu, W.J. Effects of arsenic on the offspring development in mice. Zhonghua Yu Fang Yi Xue Za Zhi 1994, 28,

20–23. [PubMed]
36. Chin-Chan, M.; Navarro-Yepes, J.; Quintanilla-Vega, B. Environmental pollutants as risk factors for neurodegenerative disorders:

Alzheimer and Parkinson diseases. Front. Cell. Neurosci. 2015, 9, 124. [CrossRef] [PubMed]
37. Sasaguri, H.; Nilsson, P.; Hashimoto, S.; Nagata, K.; Saito, T.; De Strooper, B.; Hardy, J.; Vassar, R.; Winblad, B.; Saido, T.C. APP

mouse models for Alzheimer’s disease preclinical studies. EMBO J. 2017, 36, 2473–2487. [CrossRef] [PubMed]
38. Cheignon, C.; Tomas, M.; Bonnefont-Rousselot, D.; Faller, P.; Hureau, C.; Collin, F. Oxidative stress and the amyloid beta peptide

in Alzheimer’s disease. Redox Biol. 2018, 14, 450–464. [CrossRef]
39. Chandravanshi, L.P.; Gupta, R.; Shukla, R.K. Developmental Neurotoxicity of Arsenic: Involvement of Oxidative Stress and

Mitochondrial Functions. Biol. Trace Elem. Res. 2018, 186, 185–198. [CrossRef]
40. Hannan, M.A.; Dash, R.; Sohag, A.A.M.; Haque, M.N.; Moon, I.S. Neuroprotection against Oxidative Stress: Phytochemicals

Targeting TrkB Signaling and the Nrf2-ARE Antioxidant System. Front. Mol. Neurosci. 2020, 13, 116. [CrossRef]
41. Dwivedi, N.; Flora, S.J. Concomitant exposure to arsenic and organophosphates on tissue oxidative stress in rats. Food Chem.

Toxicol. 2011, 49, 1152–1159. [CrossRef]
42. Roy, N.K.; Murphy, A.; Costa, M. Arsenic Methyltransferase and Methylation of Inorganic Arsenic. Biomolecules 2020, 10, 1351.

[CrossRef]
43. Dash, R.; Mitra, S.; Ali, M.C.; Oktaviani, D.F.; Hannan, M.A.; Choi, S.M.; Moon, I.S. Phytosterols: Targeting neuroinflammation in

neurodegeneration. Curr. Pharm. Des. 2021, 27, 383–401. [CrossRef]
44. Medda, N.; Patra, R.; Ghosh, T.K.; Maiti, S. Neurotoxic Mechanism of Arsenic: Synergistic Effect of Mitochondrial Instability,

Oxidative Stress, and Hormonal-Neurotransmitter Impairment. Biol. Trace Elem. Res. 2020, 198, 8–15. [CrossRef]
45. Firdaus, F.; Zafeer, M.F.; Anis, E.; Ahmad, M.; Afzal, M. Ellagic acid attenuates arsenic induced neuro-inflammation and

mitochondrial dysfunction associated apoptosis. Toxicol. Rep. 2018, 5, 411–417. [CrossRef] [PubMed]
46. He, Q.; Chen, B.; Chen, S.; Zhang, M.; Duan, L.; Feng, X.; Chen, J.; Zhou, L.; Chen, L.; Duan, Y. MBP-activated autoimmunity

plays a role in arsenic-induced peripheral neuropathy and the potential protective effect of mecobalamin. Environ. Toxicol. 2021,
36, 1243–1253. [CrossRef]

47. Rahman, M.A.; Rahman, M.H.; Biswas, P.; Hossain, M.S.; Islam, R.; Hannan, M.A.; Uddin, M.J.; Rhim, H. Potential therapeutic
role of phytochemicals to mitigate mitochondrial dysfunctions in Alzheimer’s disease. Antioxidants 2021, 10, 23. [CrossRef]

48. Prakash, C.; Soni, M.; Kumar, V. Mitochondrial oxidative stress and dysfunction in arsenic neurotoxicity: A review. J. Appl. Toxicol.

2016, 36, 179–188. [CrossRef]
49. Prakash, C.; Soni, M.; Kumar, V. Biochemical and Molecular Alterations Following Arsenic-Induced Oxidative Stress and

Mitochondrial Dysfunction in Rat Brain. Biol. Trace Elem. Res. 2015, 167, 121–129. [CrossRef] [PubMed]
50. King, A.P.; Wilson, J.J. Endoplasmic reticulum stress: An arising target for metal-based anticancer agents. Chem. Soc. Rev. 2020,

49, 8113–8136. [CrossRef]
51. Liu, X.; Gao, Y.; Liu, Y.; Zhang, W.; Yang, Y.; Fu, X.; Sun, D.; Wang, J. Neuroglobin alleviates arsenic-induced neuronal damage.

Environ. Toxicol. Pharmacol. 2021, 84, 103604. [CrossRef] [PubMed]
52. Delaney, P.; Nair, A.R.; Palmer, C.; Khan, N.; Sadler, K.C. Arsenic induced redox imbalance triggers the unfolded protein response

in the liver of zebrafish. Toxicol. Appl. Pharmacol. 2020, 409, 115307. [CrossRef]
53. Rana, S.V.S. Endoplasmic Reticulum Stress Induced by Toxic Elements-a Review of Recent Developments. Biol. Trace Elem. Res.

2020, 196, 10–19. [CrossRef] [PubMed]
54. Wei, S.; Qiu, T.; Yao, X.; Wang, N.; Jiang, L.; Jia, X.; Tao, Y.; Wang, Z.; Pei, P.; Zhang, J.; et al. Arsenic induces pancreatic dysfunction

and ferroptosis via mitochondrial ROS-autophagy-lysosomal pathway. J. Hazard. Mater. 2020, 384, 121390. [CrossRef]
55. Zhang, W.; Cui, X.; Gao, Y.; Sun, L.; Wang, J.; Yang, Y.; Liu, X.; Li, Y.; Guo, X.; Sun, D. Role of pigment epithelium-derived factor

(PEDF) on arsenic-induced neuronal apoptosis. Chemosphere 2019, 215, 925–931. [CrossRef] [PubMed]
56. Sinha, K.; Das, J.; Pal, P.B.; Sil, P.C. Oxidative stress: The mitochondria-dependent and mitochondria-independent pathways of

apoptosis. Arch. Toxicol. 2013, 87, 1157–1180. [CrossRef]

17



Toxics 2021, 9, 188

57. Fu, S.C.; Lin, J.W.; Liu, J.M.; Liu, S.H.; Fang, K.M.; Su, C.C.; Hsu, R.J.; Wu, C.C.; Huang, C.F.; Lee, K.I.; et al. Arsenic induces
autophagy-dependent apoptosis via Akt inactivation and AMPK activation signaling pathways leading to neuronal cell death.
Neurotoxicology 2021, 85, 133–144. [CrossRef]

58. Dash, R.; Jahan, I.; Ali, M.C.; Mitra, S.; Munni, Y.A.; Timalsina, B.; Hannan, M.A.; Moon, I.S. Potential roles of natural products in
the targeting of proteinopathic neurodegenerative diseases. Neurochem. Int. 2021, 145, 105011. [CrossRef]

59. Dash, R.; Ali, M.C.; Jahan, I.; Munni, Y.A.; Mitra, S.; Hannan, M.A.; Timalsina, B.; Oktaviani, D.F.; Choi, H.J.; Moon, I.S. Emerging
potential of cannabidiol in reversing proteinopathies. Ageing Res. Rev. 2021, 65, 101209. [CrossRef]

60. Tam, L.M.; Wang, Y. Arsenic Exposure and Compromised Protein Quality Control. Chem. Res. Toxicol. 2020, 33, 1594–1604.
[CrossRef]

61. Andersson, S.; Romero, A.; Rodrigues, J.I.; Hua, S.S.; Hao, X.X.; Jacobson, T.; Karl, V.; Becker, N.; Ashouri, A.; Rauch, S.; et al.
Genome-wide imaging screen uncovers molecular determinants of arsenite-induced protein aggregation and toxicity. J. Cell. Sci.

2021, 134, jcs258338. [CrossRef]
62. Priya Wadgaonkar, F.C. Connections between endoplasmic reticulum stress-associated unfolded protein response, mitochondria,

and autophagy in arsenic-induced carcinogenesis. Semin. Cancer Biol. 2021, in press. [CrossRef]
63. Dodson, M.; Liu, P.F.; Jiang, T.; Ambrose, A.J.; Luo, G.; de la Vega, M.R.; Cholanians, A.B.; Wong, P.K.; Chapman, E.; Zhang, D.D.

Increased O-GlcNAcylation of SNAP29 Drives Arsenic-Induced Autophagic Dysfunction. Mol. Cell. Biol. 2018, 38. [CrossRef]
[PubMed]

64. Dodson, M.; de la Vega, M.R.; Harder, B.; Castro-Portuguez, R.; Rodrigues, S.D.; Wong, P.K.; Chapman, E.; Zhang, D.D. Low-level
arsenic causes proteotoxic stress and not oxidative stress. Toxicol. Appl. Pharmacol. 2018, 143, 106–113. [CrossRef] [PubMed]

65. Bolt, A.M.; Zhao, F.; Pacheco, S.; Klimecki, W.T. Arsenite-induced autophagy is associated with proteotoxicity in human
lymphoblastoid cells. Toxicol. Appl. Pharmacol. 2012, 264, 255–261. [CrossRef] [PubMed]

66. Weidling, I.; Swerdlow, R.H. Mitochondrial Dysfunction and Stress Responses in Alzheimer’s Disease. Biology 2019, 8, 39.
[CrossRef]

67. Wang, Y.; Zhao, H.J.; Liu, Y.C.; Guo, M.H.; Tian, Y.; Huang, P.Y.; Xing, M.W. Arsenite induce neurotoxicity of common carp:
Involvement of blood brain barrier, apoptosis and autophagy, and subsequently relieved by zinc (II) supplementation. Aquat.

Toxicol. 2021, 232, 105765. [CrossRef]
68. Zhao, H.; Wang, Y.; Liu, J.; Guo, M.; Fei, D.; Yu, H.; Xing, M. The cardiotoxicity of the common carp (Cyprinus carpio) exposed to

environmentally relevant concentrations of arsenic and subsequently relieved by zinc supplementation. Environ. Pollut. 2019, 253,
741–748. [CrossRef] [PubMed]

69. Wang, Y.; Zhao, H.; Liu, Y.; Nie, X.; Xing, M. Zinc exerts its renal protection effect on arsenic-exposed common carp: A signaling
network comprising Nrf2, NF-κB and MAPK pathways. Fish Shellfish. Immunol. 2020, 104, 383–390. [CrossRef]

70. Wang, Y.; Zhao, H.; Nie, X.; Guo, M.; Jiang, G.; Xing, M. Zinc application alleviates the adverse renal effects of arsenic stress in a
protein quality control way in common carp. Environ. Res. 2020, 191, 110063. [CrossRef]

71. Zhao, H.; Wang, Y.; Guo, M.; Fei, D.; Mu, M.; Yu, H.; Xing, M. Hepatoprotective effects of zinc (II) via cytochrome P-450/reactive
oxygen species and canonical apoptosis pathways after arsenite waterborne exposure in common carp. Chemosphere 2019, 236,
124869. [CrossRef]

72. Wang, Y.; Zhao, H.; Mu, M.; Guo, M.; Xing, M. Zinc offers splenic protection through suppressing PERK/IRE1-driven apoptosis
pathway in common carp (Cyprinus carpio) under arsenic stress. Ecotoxicol. Environ. Saf. 2021, 208, 111473. [CrossRef] [PubMed]

73. Cao, A.L.; Beaver, L.M.; Wong, C.P.; Hudson, L.G.; Ho, E. Zinc deficiency alters the susceptibility of pancreatic beta cells (INS-1)
to arsenic exposure. Biometals 2019, 32, 845–859. [CrossRef]

74. Garla, R.; Sharma, N.; Shamli; Kaushal, N.; Garg, M.L. Effect of Zinc on Hepatic and Renal Tissues of Chronically Arsenic Exposed
Rats: A Biochemical and Histopathological Study. Biol. Trace Elem. Res. 2021. [CrossRef] [PubMed]

75. Milton, A.G.; Zalewski, P.D.; Ratnaike, R.N. Zinc protects against arsenic-induced apoptosis in a neuronal cell line, measured by
DEVD-caspase activity. Biometals 2004, 17, 707–713. [CrossRef]

76. Wei, Y.Y.; Huang, H.; Xia, Y.K.; Wei, L.M.; Chen, X.; Zhang, R.Y.; Duan, W.W.; Su, L.; Rahman, M.L.; Rahman, M.; et al. Antagonistic
effect of early stage zinc on arsenic toxicity induced preterm birth during pregnancy: Evidence from a rural Bangladesh birth
cohort. Chin. Med. J. 2021, 134, 619–621. [CrossRef]

77. Adedara, I.A.; Fabunmi, A.T.; Ayenitaju, F.C.; Atanda, O.E.; Adebowale, A.A.; Ajayi, B.O.; Owoeye, O.; Rocha, J.B.T.; Farombi,
E.O. Neuroprotective mechanisms of selenium against arsenic-induced behavioral impairments in rats. Neurotoxicology 2020, 76,
99–110. [CrossRef] [PubMed]

78. Samad, N.; Rao, T.; Rehman, M.H.u.; Bhatti, S.A.; Imran, I. Inhibitory Effects of Selenium on Arsenic-Induced Anxiety-
/Depression-Like Behavior and Memory Impairment. Biol. Trace Elem. Res. 2021. [CrossRef] [PubMed]

79. Ren, Z.; Deng, H.; Wu, Q.; Jia, G.; Wen, N.; Deng, Y.; Zhu, L.; Zuo, Z.; Deng, J. Effect of Selenium on Brain Injury in Chickens with
Subacute Arsenic Poisoning. Biol. Trace Elem. Res. 2021. [CrossRef]

80. Ren, Z.; Deng, H.; Deng, Y.; Tang, W.; Wu, Q.; Zuo, Z.; Cui, H.; Hu, Y.; Yu, S.; Xu, S.Y.; et al. Effects of Selenium on Arsenic-Induced
Liver Lesions in Broilers. Biol. Trace Elem. Res. 2021, 199, 1080–1089. [CrossRef] [PubMed]

81. Adedara, I.A.; Adebowale, A.A.; Atanda, O.E.; Fabunmi, A.T.; Ayenitaju, A.C.; Rocha, J.B.T.; Farombi, E.O. Selenium abates
reproductive dysfunction via attenuation of biometal accumulation, oxido-inflammatory stress and caspase-3 activation in male
rats exposed to arsenic. Environ. Pollut. 2019, 254 Pt B, 113079. [CrossRef]

18



Toxics 2021, 9, 188

82. Zwolak, I. The Role of Selenium in Arsenic and Cadmium Toxicity: An Updated Review of Scientific Literature. Biol. Trace Elem.

Res. 2020, 193, 44–63. [CrossRef]
83. Sarkar, N.; Das, B.; Bishayee, A.; Sinha, D. Arsenal of Phytochemicals to Combat Against Arsenic-Induced Mitochondrial Stress

and Cancer. Antioxid. Redox Signal. 2020, 33, 1230–1256. [CrossRef]
84. Zhang, Q.Y.; Wang, F.X.; Jia, K.K.; Kong, L.D. Natural Product Interventions for Chemotherapy and Radiotherapy-Induced Side

Effects. Front. Pharmacol. 2018, 9, 1253. [CrossRef] [PubMed]
85. Salehi, B.; Machin, L.; Monzote, L.; Sharifi-Rad, J.; Ezzat, S.M.; Salem, M.A.; Merghany, R.M.; El Mahdy, N.M.; Kılıç, C.S.; Sytar,

O.; et al. Therapeutic Potential of Quercetin: New Insights and Perspectives for Human Health. ACS Omega 2020, 5, 11849–11872.
[CrossRef]

86. Sarkozi, K.; Papp, A.; Horváth, E.; Máté, Z.; Ferencz, A.; Hermesz, E.; Krisch, J.; Paulik, E.; Szabó, A. Green tea and vitamin C
ameliorate some neuro-functional and biochemical signs of arsenic toxicity in rats. Nutr. Neurosci. 2016, 19, 102–109. [CrossRef]

87. Vazhappilly, C.G.; Devanga, R.N.K.; Palamadai, K.S.; Rangasamy, A.K. In Vitro Protective Potentials of Annona muricata Leaf
Extracts Against Sodium Arsenite-induced Toxicity. Curr. Drug Discov. Technol. 2015, 12, 59–63.

88. Jomova, K.; Jenisova, Z.; Feszterova, M.; Baros, S.; Liska, J.; Hudecova, D.; Rhodes, C.J.; Valko, M. Arsenic: Toxicity, oxidative
stress and human disease. J. Appl. Toxicol. 2011, 31, 95–107. [CrossRef] [PubMed]

89. Das, B.; Mandal, S.; Chaudhuri, K. Role of arginine, a component of aqueous garlic extract, in remediation of sodium arsenite
induced toxicity in A375 cells. Toxicol. Res. 2014, 3, 191–196. [CrossRef]

90. Das, T.; Roychoudhury, A.; Sharma, A.; Talukder, G. Modification of clastogenicity of three known clastogens by garlic extract in
mice in vivo. Environ. Mol. Mutagen. 1993, 21, 383–388. [CrossRef] [PubMed]

91. Aslani, M.R.; Najarnezhad, V.; Mohri, M. Individual and combined effect of meso-2,3-dimercaptosuccinic acid and allicin on
blood and tissue lead content in mice. Planta Med. 2010, 76, 241–244. [CrossRef] [PubMed]

92. Amagase, H.; Petesch, B.L.; Matsuura, H.; Kasuga, S.; Itakura, Y. Intake of garlic and its bioactive components. J. Nutr. 2001, 131,
955S–962S. [CrossRef] [PubMed]

93. Gupta, R.; Flora, S.J. Therapeutic value of Hippophae rhamnoides L. against subchronic arsenic toxicity in mice. J. Med. Food

2005, 8, 353–361. [CrossRef] [PubMed]
94. Gupta, R.; Flora, S.J. Effect of Centella asiatica on arsenic induced oxidative stress and metal distribution in rats. J. Appl. Toxicol.

2006, 26, 213–222. [CrossRef]
95. Tiwari, H.; Rao, M.V. Curcumin supplementation protects from genotoxic effects of arsenic and fluoride. Food Chem. Toxicol. 2010,

48, 1234–1238. [CrossRef] [PubMed]
96. Mishra, D.; Flora, S.J. Quercetin administration during chelation therapy protects arsenic-induced oxidative stress in mice. Biol.

Trace Elem. Res. 2008, 122, 137–147. [CrossRef]
97. Ghosh, A.; Mandal, A.K.; Sarkar, S.; Panda, S.; Das, N. Nanoencapsulation of quercetin enhances its dietary efficacy in combating

arsenic-induced oxidative damage in liver and brain of rats. Life Sci. 2009, 84, 75–80. [CrossRef]
98. Bjorklund, G.; Oliinyk, P.; Lysiuk, R.; Rahaman, M.S.; Antonyak, H.; Lozynska, I.; Lenchyk, L.; Peana, M. Arsenic intoxication:

General aspects and chelating agents. Arch. Toxicol. 2020, 94, 1879–1897. [CrossRef]
99. Aziz, S.N.; Boyle, K.J.; Rahman, M. Knowledge of arsenic in drinking-water: Risks and avoidance in Matlab, Bangladesh. J. Health

Popul. Nutr. 2006, 24, 327–335.

19





toxics

Review

Commonalities between Copper Neurotoxicity and
Alzheimer’s Disease

Roshni Patel and Michael Aschner *

Citation: Patel, R.; Aschner, M.

Commonalities between Copper

Neurotoxicity and Alzheimer’s

Disease. Toxics 2021, 9, 4.

https://doi.org/10.3390/

toxics9010004

Received: 12 December 2020

Accepted: 5 January 2021

Published: 7 January 2021

Publisher’s Note: MDPI stays neu-

tral with regard to jurisdictional clai-

ms in published maps and institutio-

nal affiliations.

Copyright: © 2021 by the authors. Li-

censee MDPI, Basel, Switzerland.

This article is an open access article

distributed under the terms and con-

ditions of the Creative Commons At-

tribution (CC BY) license (https://

creativecommons.org/licenses/by/

4.0/).

Department of Molecular Pharmacology, Albert Einstein College of Medicine, 1300 Morris Park Avenue,
Bronx, NY 10461, USA; roshnipatel6511@gmail.com
* Correspondence: michael.aschner@einsteinmed.org

Abstract: Alzheimer’s disease, a highly prevalent form of dementia, targets neuron function be-
ginning from the hippocampal region and expanding outwards. Alzheimer’s disease is caused by
elevated levels of heavy metals, such as lead, zinc, and copper. Copper is found in many areas
of daily life, raising a concern as to how this metal and Alzheimer’s disease are related. Previous
studies have not identified the common pathways between excess copper and Alzheimer’s disease
etiology. Our review corroborates that both copper and Alzheimer’s disease target the hippocampus,
cerebral cortex, cerebellum, and brainstem, affecting motor skills and critical thinking. Additionally,
Aβ plaque formation was analyzed beginning from synthesis at the APP parent protein site until
Aβ plaque formation was completed. Structural changes were also noted. Further analysis revealed
a relationship between amyloid-beta plaques and copper ion concentration. As copper ion levels
increased, it bound to the Aβ monomer, expediting the plaque formation process, and furthering
neurodegeneration. These conclusions can be utilized in the medical community to further research
on the etiology of Alzheimer’s disease and its relationships to copper and other metal-induced
neurotoxicity.

Keywords: Alzheimer’s disease; copper

1. Introduction

1.1. Alzheimer’s Disease

Alzheimer’s disease is a progressive neurodegenerative disorder that targets neuron
communication and can result in loss of cell function or cell death [1–3]. This is due to
the buildup of abnormally structured proteins called amyloid plaques and neurofibril-
lary tangles between neurons, essentially blocking communication [3]. Nerve cell death
consequently results in loss of brain tissue. Alzheimer’s disease initially disrupts bodily
communication, metabolism, and repair processes [3]. As its effects advance, the patient
may experience memory loss as well as changes in language, reasoning, and social behav-
ior [3]. Alzheimer’s disease is also a fatal form of dementia, and, according to a 2020 study,
is the sixth-leading cause of death in the United States [4].

It is estimated that one in 10 Americans age 65 or older, about 5.8 million people,
suffer from Alzheimer’s disease [5]. Women show a greater prevalence of Alzheimer’s
disease with 3.5 million cases, about two-thirds of Americans with Alzheimer’s disease,
while men show a prevalence of 2.1 million [6]. Between 2000 and 2017, the death rate due
to Alzheimer’s disease increased by 145% with 121,404 cases reporting Alzheimer’s disease
as the cause of death in 2017 [6]. This number is expected to rise in the coming years as it is
estimated that the prevalence of Alzheimer’s disease in the United States will continue to
grow to 13.8 million [6].

Alzheimer’s disease proves to be a major social and financial burden on the families
of those affected. It is estimated that 83 percent of unpaid aid, referred to as informal
care, provided to those with Alzheimer’s comes from family members, friends, or unpaid
caregivers [7]. One study estimated that in 2018, over 18.5 billion hours of informal
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care were provided to those with Alzheimer’s disease and like dementias, equating to
$233.9 billion [6]. Lifetime costs of someone with Alzheimer’s disease are estimated at
$350,174 where 70 percent of these costs are associated with family care [8]. This poses a
significant problem as 41 percent of informal caregivers have a household income of less
than $50,000, putting an outstanding strain on family members, especially since many of
those placed in these situations often believe they had no choice in taking on such a role [6].

1.2. Copper

Copper, an essential trace element found in the brain, liver, and kidneys, enables the
body to form red blood cells, maintain bone health, and can help prevent cardiovascular
disease and osteoporosis. Copper is also a key element in maintaining lung function as it
plays a vital role in metabolic processes such as cellular respiration [9]. Copper stored in
the human body can be used for protein and energy production [10,11]. For adults, healthy
copper levels range between 50 and 80 mg; levels exceeding this range are considered
toxic and can lead to a buildup of copper in the kidneys, brain, and eyes. This causes a
burden on the body as it may result in possible liver cell death, permanent nerve damage,
oxidative stress, and reduced cell proliferation [10,12]. A lethal dose of copper ranges from
10 to 20 g [12]. Common signs of copper toxicity include, but are not limited to, headaches,
bloody vomit, diarrhea, and black stools.

In the bloodstream, copper exists in two forms: 85 to 90 percent of copper found
in the blood is bound to ceruloplasmin, a protein that plays a role in iron metabolism;
the remaining 10 to 15 percent is free-floating copper, sometimes loosely bonded to other
molecules [12,13]. Copper toxicity may occur as a result of various exposures. Common
means of excess copper exposure occur from consumption of acidic foods cooked in
uncoated copper cookware, exposure to excess copper in drinking water, breathing air or
dust containing copper, as well as other environmental sources [12,14]. Other instances
include copper salt topical creams for burn treatment, as well as in farming as a pesticide,
and the leather industry [12].

Several genetic disorders are associated with copper related diseases. Examples of
such illnesses include Wilson’s disease and Menkes disease. Wilson’s disease, a genetic
disorder where the body is unable to filter out excess copper and therefore builds up in
body tissue, occurs due to mutations in the ATP7B gene [13]. ATP7B codes for the protein
ATPase 2, a copper-transporter found in the liver and brain [13,15]. This mutation can
result in hepatic toxicity as well as adverse effects on the central nervous system, disrupting
homeostatic bodily functions [13]. Similarly, Menkes disease, an X-linked recessive disorder,
is a result of mutation in the ATP7A gene; the purpose of ATP7A is to code for copper
regulation and copper absorption from food [15]. Symptoms of Menke’s induced copper
deficiency include hair loss, slow growth and development, and neurological effects [15].

2. Methodology

This study aimed to clarify the relationship between copper toxicity and Alzheimer’s
disease, more specifically the effect of copper on neurological pathways and amyloid-beta
plaque formation. Such an association has been previously studied by various researchers;
therefore, this study utilized a systematic review approach of published literature to
synthesize the known data and information regarding this relationship (See Figure 1).
Data sets such as PubMed, Science Direct, and Google Scholar were utilized to collect
journals, publications, and review journals relating to the topic. Journals were chosen
using keywords: copper, Alzheimer’s disease, neurotoxicity, and amyloid beta plaques.
These data sets were sourced using Zotero, and online reference manager. These journals
were reviewed and trends and patterns regarding copper toxicity and its relationship with
Alzheimer’s disease were analyzed.
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Figure 1. Methodology overview.

To begin the data collection process, preliminary research was conducted to gain an
overarching understanding of the topic. Such research included analyzing the progression
and development of Alzheimer’s disease and its effects on a patient and those around
them. Social and financial burdens were also analyzed to develop the societal impacts of
Alzheimer’s disease. Similarly, journals pertaining to copper toxicity and its effects on the
brain were analyzed to understand the common causes of copper toxicity, the prevalence
of copper in everyday life, and common forms of entry into the human body.

Once comprehensive background knowledge of the individual research subjects was
obtained, trends and patterns relating the two were sought and noted. Firstly, patterns
in the pathways of both copper and Alzheimer’s disease effects were noted in order to
analyze if a correlation could be derived between the two. Patterns were analyzed in terms
of the route copper and Alzheimer’s disease took in the brain; pathways were named in
terms of the section of the brain that was affected, such as cerebral cortex, cerebellum, and
brainstem. As more trends arose, they were subsequently categorized into their respective
clusters, such as common pathways of copper and Alzheimer’s disease, as well as the
relationship between Aβ plaques and copper binding sites. After the organization of the
detailed clusters was analyzed and categorized respectively, sections were created to study
the beta-amyloid plaque and copper relationship. This area included the analysis of plaque
formation from protein strand to tangle as well as how shape affects the purpose of the
plaque. Then, copper’s relationship to the development of these plaques was introduced
and the two were analyzed in concurrence to reveal significant findings such as coppers
role in plaque development as well as how different copper concentrations affect plaque
growth.

3. Copper Pathways to the Brain

3.1. Role of Copper in the Human Body

Copper is an element essential to the homeostasis of the human body due to its role
in energy production, iron metabolism, neuropeptide activation, and connective tissue
and neurotransmitter synthesis [16]. Copper’s most crucial property however is its role in
cuproenzyme ceruloplasmin [17]. Ceruloplasmin is the major copper-carrying protein in
the blood, accounting for over 95% of copper transport in human plasma [16,17]. Studies
have also found that copper plays a crucial role in the formation of red blood cells, immune
system function, brain development, gene expression, and other physiologic processes [16].
Through the use of ceruloplasmin transport, copper is able to reach the brain, which uses a
significant portion of copper found in the body for brain development and regulation of
the nervous system [13,16,17]. Copper is also significantly used in the liver to convert iron
into its ferric form as well as absorb iron into the gut [13].

3.2. Common Forms of Copper Intake

Copper toxicity is an associated result of exposure to copper contaminated sources.
Common exposure sites include water supplies, copper pipes, uncoated copper cookware,
birth control, dietary supplements, food, and fungicides. Water supplies are often contami-
nated by farm operations and other industrial waste practices that become runoff and enter
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reservoirs and public wells [18]. This waster is then transported to nearby populations
for consumption and other daily activities. Such an instance was accounted for in a 2016
journal highlighting the widespread water contamination of heavy metals, specifically
copper and lead, in New South Wales, Australia [18]. This study analyzed tap water from
212 different homes in the region; of these samples, almost 100 percent tested positive for
copper, with 5 percent testing positive for excess copper [18]. For the houses testing within
the normal copper range, it was also found that drinking water contributed to 6 to 13
percent of the average daily intake of copper [18]. A high copper positive percentage was
expected since many of these homes utilize copper pipes and fittings for water supply [18].
Subsequently, copper pipes are a great cause of concern regarding copper contamination
as acidic water may cause erosion of the pipe or fitting, releasing copper particles directly
into the water [18]. Therefore, this study concluded there is a great concern for copper
levels due to their frequent occurrence at high concentrations, as this water is then used
for drinking, washing of cookware, as well as for bathing, and personal hygiene, creating
various opportunities for direct ingestion of copper contaminated water, increasing the
prevalence of copper toxicity in the region [18]. Other sources of copper contamination
include improperly coated copper cookware, such as pots and pans. If not coated with
another non-reactive metal, copper from the cookware can enter food and therefore the
human body. As copper levels in the body increase, excess copper begins to pool in tissues,
leading to copper toxicity. Similar to copper pipes, unprotected copper cookware can
corrode in the presence of acidic foods, resulting in another means of entry into the human
body [12]. Copper toxicity can also be caused through the use of birth control, as it can raise
copper levels, which also destroys Vitamin C, another essential nutrient for the human
body’s optimal function [19]. Dietary supplements and other foods can also be a source of
excess copper. The recommended daily dose of copper for those aged 19 and older is 900
mcg, with the upper limit at 10,000 mcg [13]. Overconsumption of copper supplements
or foods high in copper content, such as legumes, mushrooms, chocolate, liver, and nuts
and seeds, can result in copper toxicity when not consumed in moderation [13]. Copper
sulfate, an inorganic copper and sulfur compound used as a fungicide and algaecide in
swimming pools, creates a toxic environment for microorganisms that kill small plants
and animals by shocking roots and causing copper toxicity, respectively [20]. Due to its
multiple points of entry into the human body, copper contamination is a growing concern,
especially considering the large quantities in which it is found in the activities of daily life.

3.3. Alzheimer’s Disease and Copper Pathways

The adult human brain contains approximately 100 billion neurons, directly correlat-
ing with brain mass. As healthy aging occurs, neurogenesis, the process of regeneration
by neural plasticity, slows down, and neuron proliferation rate decreases [21]. Demen-
tias, such as Alzheimer’s, can speed up neurodegenerative processes, causing memory
loss, progressing to the point where the patient is no longer capable of independently
performing activities of daily living. Referred to as cerebral atrophy, the loss of neurons
decreases brain mass overall or in specific areas [22]. Alzheimer’s disease begins by tar-
geting the hippocampus and entorhinal cortex located in the temporal lobe [3,23]. The
temporal lobe is responsible for the connection of the network responsible for memory,
navigation, and the perception of time [23]. The targeting of this region decreases the
number of transmitters in the temporal lobe, causing neuron death and therefore size
reduction, which can be seen on MRI scans of the brain [23]. A 2020 study found that the
temporal lobe of those with Alzheimer’s disease decreases at a rate of 15.1 percent per year
whereas the normal neurodegeneration rate is a significantly lower 1.5 percent [24]. The
study concluded that cognitive decline and subsequent memory loss are a direct result of
temporal lobe atrophy [24]. As the disease progresses, the cerebral cortex also becomes
impaired [3,25]. The cerebral cortex is the outer layer of neural tissue located at the front of
the head, covering the outer portion of the cerebrum [26]. The cerebrum controls language,
reasoning, social behaviors, emotion, muscle movement, hearing, vision, and other sensory
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controls [3,26]. Alzheimer’s disease can also be characterized by neural mass loss and
astrocytosis in the cerebral cortex [3,25]. A 2018 study found that about 25 percent of
individuals who die by the age of 75 presented with substantial cerebral lesions resembling
those of Alzheimer’s disease [25]. This study concluded that the identification of cellular
brain structure is essential to understanding neurodegenerative disease progression [25].
The order of progression for Alzheimer’s disease begins in the hippocampus and expands
outward to the temporal lobes, frontal lobes and prefrontal cortex, parietal lobes, occipital
lobes, cerebellum, and finally the brainstem [27]. Once the disease reaches the brain stem,
autonomous functions of the body will cease, ultimately proving fatal [27].

Copper toxicity results in the pooling of copper in different tissues of the body [10,12,28].
Prominent areas of copper pooling include the liver, brain, and eyes [12]. A 2013 study of
male Wistar rats conducted by Pal et al. found copper toxicity effects on the rat brain include
swelling and increased number of astrocytes, star-shaped glial cells, and copper deposition
in the choroid plexus, which is located in close contact with the cerebral cortex [29,30]. The
study concluded that copper toxicity in male Wistar rats causes impaired spatial memory and
neuromuscular coordination, swelling of astrocytes, copper deposition in the choroid plexus,
neuronal degeneration, and augmented levels of copper in the hippocampus [29]. This is
a significant finding due to the implications of these symptoms; impaired spatial memory
and neuromuscular coordination can result in difficulty walking and navigating, swelling of
astrocytes can result in brain edema and fulminant hepatic failure, impairment of the choroid
plexus can cause variations in the development of cerebrospinal fluid possibly leading to
overproduction causing pressure in the brain, neuronal degeneration can lead to neuron death,
and augmented levels on copper in the hippocampus can lead to various dementias [31–34].
Dementias may be a result of the various plaques copper can induce, the most prevalent of
which are amyloid-beta plaques associated with Alzheimer’s disease [35]. Another 2018 study,
conducted by Kardos et al., found copper levels to be significantly higher in the cerebellum,
choroid plexus, ventricle system, and substantia nigra, a region of the midbrain [36]. This
study also found that free excess copper often pools in the soma of cerebellar granule and
cortical pyramidal neurons, as well as the hippocampus and spinal cord [36]. One 2012 study
analyzed possible reasons for high copper levels in the brain and theorized that a high-fat
diet caused an increase in copper levels, which they theorized was also correlated to an
increased risk of Alzheimer’s disease [37]. The study found that the highest 20 percent of
those with copper intake lost cognition at six times the rate of groups with lower copper
consumption if they also had a high-fat diet [37]. The study hypothesized that the ingestion
of free-floating copper from sources such as drinking water and copper supplements played
a major factor in the onset of Alzheimer’s as it caused high levels of copper pooling in the
brain [37]. This study concluded that there is a strong correlation between copper levels and
the prevalence of Alzheimer’s disease [37]. It is believed this correlation exists due to the
commonalities between affected areas by Alzheimer’s disease and copper toxicity [36,37].
Such common areas include the hippocampus, cerebral cortex, cerebellum, and brainstem,
which affect memory, information processing, motor skills, and regulation of autonomous
functions, respectively [27,36,37]. This supports the theory that copper may play a role in the
onset of Alzheimer’s disease as these regions are also the pathway of the general progression
of the disease [27].

4. Beta-Amyloid and Copper Relationship

4.1. Beta-Amyloid Plaques

Alois Alzheimer characterized Alzheimer’s disease as an elevated number of plaques in
the brain in the early twentieth century [38]. Then, in the 1980s, it was found that these plaques
consist of amyloid-beta (Aβ) peptides, protein fragments from the amyloid precursor protein
(APP) known to play an important role in synaptic physiology by regulating synaptic vesicle
release and scaling [38,39]. This was an important discovery as the amyloid precursor protein
had been known to regulate cell growth, motility, neurite outgrowth, and cell survival [39].
Aβ peptides are also naturally produced in the brain and normally exist in healthy levels in
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the cerebrospinal fluid and serum [40]. As research in the field progressed, John Hardy and
Gerald Higgins proposed the Amyloid Cascade hypothesis in 1992 [41].

The Amyloid Cascade hypothesis postulates that as proteostasis changes due to
aging, the amyloid precursor protein is broken down to form Aβ, which results in an
abnormal accumulation of amyloid-beta plaques in various regions of the brain [35,42].
This hypothesis was significant since the formation of the Aβ monomers could cause the
deposition of extracellular fibrils, resulting in neuron death and the formation of senile
plaques [35]. A 2014 study on the Amyloid Cascade hypothesis, however, found that low
doses of Aβ are stimulatory to the brain whereas high doses were inhibitory [38]. Since
advanced medicine has been unable to find a cure for Alzheimer’s disease based on this
hypothesis, new avenues of approach are being investigated, leading to the development of
new lines of reasoning [43]. One such new hypothesis that challenges the widely accepted
Amyloid Cascade hypothesis is the Beta-Amyloid Dysfunction (BAD) hypothesis proposed
by Heinz Hillen in 2019 [43]. The BAD hypothesis differs from the Amyloid Cascade
hypothesis by building on the homeostasis of the Aβ peptide in the synaptic vesicle
cycle [43]. Further, the BAD hypothesis accounts for the physiological Aβ monomer, the
pathophysiology of Aβ deposits, and reduced Aβ cerebrospinal fluid levels in Alzheimer’s
disease whereas the Amyloid Cascade hypothesis does not [43]. Other hypotheses that
were proposed but are not widely accepted include the infection hypothesis and vascular
hypothesis [35].

The amyloid-beta buildup can cause multiple health concerns and detrimentally im-
pact patient health. When Aβ plaques accumulate outside nerve cells, neural synapses are
blocked and action potentials, or electrical impulses in the brain, are blocked, hindering
communication and resulting in neurodegeneration [44–46]. This can cause a variety of
illnesses, such as Alzheimer’s disease, Parkinson’s disease, Huntington’s disease, type 2
diabetes, amyotrophic lateral sclerosis, secondary amyloidosis, and prion diseases, among
others [47]. In Alzheimer’s disease specifically, these Aβ plaques can also result in neurofib-
rillary tangles, further hindering neuron communication [35]. Mutations in the previously
described APP protein cause the development of amyloid-beta plaques due to improper
folding of the peptide [48,49]. A 2017 study by Han et al. examined how Aβ-42 induces
neural apoptosis; the study concluded that Aβ-42 targets the mitochondria of the neuron,
causing neurodegeneration [50].

The human body has some protection against the buildup of Aβ monomers in the
form of brain macrophages which can engulf and destroy the peptide, called microglia [35].
However, the aging process results in a decreased amount of these macrophages, allowing
for unchecked Aβ buildup [35]. Unregulated buildup induces an inflammatory response,
causing neuroinflammation and neuron death [35]. This response works in conjunction
with Tau proteins which are also stimulated by the inflammatory response, creating neu-
rofibrillary tangles that restrict neuron function and lead to neurodegeneration [35].

Amyloid-beta peptides are created through the incorrect folding of proteins, resulting
in amyloidosis [51]. Protease, an enzyme that breaks down large proteins, recognizes
these abnormalities and discards them [51]. However, sometimes the amyloid to protease
ratio is imbalanced, with more amyloids than the enzymes can handle, resulting in a
buildup [51]. Other instances resulting in buildup are caused by the formation of a rigid
structure from the amyloid mass, which exceeds the protease’s capabilities [51]. When this
mass is excreted out of the cell, it folds to create a beta-sheet, which can go on to wreak
damage on the area, as seen in the case of Alzheimer’s disease [49]. The Aβ peptide consists
of 37 to 49 amino acids that stem from the previously defined APP protein [48]. These
monomers can aggregate into various structures, including oligomers, protofibrils, and
amyloid fibrils, which are usually larger than the latter two and insoluble [48]. Due to their
larger size and insolubility, these fibrils can rearrange themselves into clumps, forming Aβ

plaques [48]. Therefore, the APP’s amyloid fibril form is said to be a primary component
of amyloid plaques found in the brain during Alzheimer’s disease [48,49]. These plaques
are most commonly found in the neocortex, a part of the cerebral cortex associated with
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sight and hearing [48]. Figure 2 derived from the findings of Chen et al. provides more
information into the process by which Aβ fibrils are created.

Figure 2. Structural process of Aβ-42 monomer to Aβ fibrils.

It is important to note that Aβ is thought to be intrinsically structured, and therefore
is unable to be crystallized [48]. Therefore, scientists aim to optimize conditions to stabilize
the Aβ peptide in order to study its properties [48]. The primary Aβ-42 amino acid
sequence was discovered in 1984 from extracellular deposits and amyloid plaques and was
found to range from 37 to 49 amino acids [48,49]. Early models of the Aβ peptide found it
to fold into α-helical and β-sheet structures in membranous environments [48]. Portions
of the peptide structure then uncoil and either form various or no structures, depending
on their placement in the peptide chain; a helix to coil transformational transaction is
also promoted [48]. The Aβ peptide collapses into nonstructural loops, strands, and turns
when placed in water [48,49]. Although this chain no longer has a set structure, it is held
together by van der Waals forces [48]. Beta secondary structures may be formed through
fibrillization, and two helical regions connected by a β-turn are formed [48]. It is believed
that this aggregation of Aβ peptides into Aβ fibrils is what causes the onset of neurotoxicity
and dementias such as Alzheimer’s disease [48].

4.2. Copper Toxicity and Aβ Levels

Alzheimer’s disease is characterized by neurodegeneration, elevated heavy metal
concentrations in the brain, and amyloid-beta plaque buildup [40]. Some heavy metals
that are believed to have a relation to the onset of Alzheimer’s disease include zinc, iron,
and copper [40]. Of the three, copper is believed to have a more significant impact on the
development of Alzheimer’s disease due to the amyloid-beta plaques two copper-binding
sites, which can be used to promote reactive oxygen species (ROS) generations [1,40].
When bound to plaques, copper cycles between the +I and +II oxidative states, boosting
ROS generation; ROS may damage lipids, RNA, DNA, or proteins, effectively advancing
aging and possibly Alzheimer’s disease [52,53]. One 2018 study conducted by Bagheri
et al. found that copper ions have a high affinity to the Aβ peptide copper-binding site,
increasing the proportions of β-sheet and α-helix structures in Aβ aggregations, forming
plaques [1]. This study also found that increased copper ion concentrations result in greater
fibril formation, once again increasing Aβ plaque buildup [1]. This happens due to the
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β-amyloid’s ability to transform into β-sheet structures when bound to two copper ions,
which not only stimulates the aforementioned β-sheet conformity but also aggregation and
toxicity, as depicted in greater detail in Figure 3 [1]. In vitro studies performed in the early
2000s were able to confirm the formation of these structures in copper toxic Alzheimer’s
patients [1].

Figure 3. Process of APP protein to Aβ plaque formation in accordance with the effect of copper.

Several factors are believed to play a role in the copper’s ability to bind to these
Aβ aggregates, inducing a fibril formation process [54]. Such factors include pH of 7.0,
increased concentrations of free copper in plasma, and serum copper concentrations, which
can also cause the onset of a rare type of Alzheimer’s disease [1,54,55]. Furthermore,
the study conducted by Bagheri et al. found a 1:1 ratio of free-floating copper in serum
to Aβ aggregates, a significant advancement in the development in the comprehensive
understanding of Alzheimer’s disease [1]. Over the course of its six meta-analyses, this
study aimed to evaluate copper concentrations in AD in different biological matrices, this
study concluded that free copper/copper ion, concentration in serum was significantly
greater in patients who were diagnosed with Alzheimer’s disease than those who were
considered healthy [1]. This conclusion helps develop past findings, such as the fact that
Aβ plaques exhibit high copper concentrations among other trace metals, to understand
the reasoning behind why such phenomena occur [1].

As previously described, this increase in copper leads to an increase in Aβ plaques
through the bonding of free copper and β structures. This bonding causes the shape of the
β sheet to change again, creating fibrils that can aggregate. These masses can then hinder
the brain’s ability to successfully communicate information and allow the body to function.
However, another 2016 study by Kitazawa et al. establishes an alternate line of reasoning for
this process [56]. In this study, Kitazawa et al. propose that high copper ion concentrations
in serum can trigger an inflammatory response in the brain [56]. This inflammatory
response in turn obstructs the brain from breaking down Aβ aggregates, causing a buildup
as seen in Alzheimer’s disease [56]. Essentially, this study focused on excess copper
concentration and its effects on microglia, which were previously defined as the body’s
natural way to break down and dispose of excess Aβ plaques before they pose a threat to the
patient’s homeostatic processes [35,56]. This study found that excess copper concentrations
correlated with a decrease in microglial activity as well as brain inflammation [35,56].
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When operating in conjunction, these processes accelerate neurodegeneration and the
formation of Aβ plaques, detrimentally affecting the patient’s brain twofold [35,56]. This
study, like others cited herein, concluded that copper toxicity may trigger the progression
of Alzheimer’s disease by targeting homeostatic processes [1,35,40,54,56].

5. Conclusions

This study sought to investigate the relationship between Alzheimer’s disease and
copper toxicity. Initial research into the individual factors found Alzheimer’s disease to
be one of the most prevalent forms of dementia, accounting for 5.8 million cases in the
United States alone [5]. As there is no cure for this illness to date, the disease proves
fatal [4,27]. Care for those who suffer from Alzheimer’s disease is extremely costly; those
from lower-income demographics diagnosed with this illness face a significant financial
strain, further establishing why a cure for this illness is needed [7]. Alzheimer’s disease
targets neuron function through the formation of amyloid-beta plaques, which hinder
the neuron’s ability to successfully transmit nerve impulses, causing neurodegeneration
including cell death [3,57]. In turn, this loss of brain mass results in decreased cognitive
and motor skills [24]. This study sought to understand the role of copper in the etiology of
Alzheimer’s disease.

Alzheimer’s disease manifests in the inner portions of the brain, such as the hippocam-
pus and temporal lobes, and extends outwards with the following order of progression:
temporal lobe, frontal lobe, prefrontal cortex, parietal lobe, occipital lobe, cerebellum, and
brainstem [27,36,37]. When analyzed alongside the regions targeted by Alzheimer’s disease,
commonalities with copper toxicity, such as accumulation in hippocampus, cerebral cortex,
cerebellum, and brainstem were found, concomitant with adverse effects on memory,
information processing, motor skills, and regulation of autonomous functions [1,24].

We further reviewed the relationship between amyloid-beta plaques and copper.
Firstly, we reviewed the structure and formation of Aβ beginning from its parent protein,
APP [38,39]. From the APP protein, structures such as α-helical and β-sheets were ad-
dressed to determine the process by which such structures are folded [48]. Finally, the
process from monomer to plaque, including aggregation, was addressed [48]. The effect
of copper ions on these plaques was then reviewed, suggesting that excess copper, given
its high affinity for Aβ plaques, can bind to the plaques at two distinct copper-binding
sites [1,40,54]. When these plaques reach a critical mass and cluster between neurons, they
restrict neuronal communication [1,54,56]. Factors that affect the rate of plaque formation
include copper concentrations in plasma and serum [1,54,55]. Increased copper concen-
tration had a strong positive correlation with the formation of Aβ plaques in the cortex,
advancing the progression of Alzheimer’s disease [1,35,40,54–56].

These findings can be used in the medical field to derive treatment options and solu-
tions to this ongoing problem. An additional timely study is to target the copper-binding
site in the Aβ monomer to investigate how this change affects Aβ plaque generation.
Another study should investigate if free-floating copper also plays a role in the rate at
which Aβ monomers aggregate into Aβ plaques, as this would provide insight into how to
directly combat the formation of plaques.
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Abstract: Plants and mushrooms bioconcentrate metals/metalloids from soil and water such that
high levels of potentially neurotoxic elements can occur in cultivated and wild species used for food.
While the health effects of excessive exposure to metals/metalloids with neurotoxic potential are well
established, overt neurological disease from prolonged ingestion of contaminated botanicals has not
been recognized. However, the presence of metal elements may affect levels of botanical neurotoxins
in certain plants and mushrooms that are established causes of acute and chronic neurological disease.

Keywords: soil and water pollution; heavy metals; morels; grasspea; cassava; neurodegeneration

1. Introduction

Plants and mushrooms that are/are not used for food can sequester metals/metalloids
drawn from soil and water that have the potential for human neurotoxic effects. Although
this property of botanicals is exploited for the bioremediation of metal-contaminated soils,
the possibility of toxic/neurotoxic effects in the consumer of metal-concentrating plants
and mushrooms has been rarely addressed. This requires a synthesis of mycology, botany,
and toxicology, not only of the human and mammal but also of the plant and mushroom.

Three scenarios are considered here: certain metals contained in plants and mush-
rooms used for food pose: (a) a direct threat to human neurological function and/or (b)
an indirect threat because they can modulate the concentration of botanical compounds
(hydrazine, dencichine, cyanogens) that by themselves pose a neurotoxic hazard to the
consumer. Examples of the latter include certain plants (grasspea, cassava) and mushrooms
(false morel), food use of which can precipitate neurotoxic disease.

2. Botanical Uptake of Metal Elements Required for Biological Function

The major elements in soil (>100 mg/kg), and minerals derived therefrom, include
aluminum, calcium, carbon, iron, magnesium, nitrogen, oxygen, potassium, silicon, sodium,
sulfur, and titanium. Other soil elements include barium, chlorine, manganese, phosphorus,
strontium, and zirconium [1,2]. Common trace elements in soil (<100 mg/kg) comprise
arsenic, chromium, cobalt, copper, lead, lithium, nickel, selenium, and zinc [1]. Whereas
Ca, Fe, K, Mn, and P are required for normal human physiological function, prolonged
excessive exposure to some of the listed elements (Al, As, Cu, Fe, Li, Pb), among others
(Cd, Hg, Tl, Zn), can result in neurologic dysfunction or overt disease.

Soil goes through various stages of aging that result in changes in its chemistry and
that of associated water. The resulting chemical environment is reflected in the organisms
that feed on soil nutrients [1,2]. Fungi play a vital role in the soil environment by acting as
a bridge between soil microbes and plants, thereby facilitating nutrient cycling and plant
health and disease control [3]. Fungi are particularly effective in changing the solubility
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of metals by employing three major reaction types that change the speciation of metal
complexes: reduction, methylation, and dealkylation [4]. Fungal hyphae connect with the
root systems of plants, making the constant exchange of nutrients possible [5]. Certain
metals are biologically active in mushrooms, including Ca, Co, Cu, Fe, K, Mg, Mn, Na, Ni,
and Zn [6]. Fungi secrete a chelator that binds iron, solubilizing the element and allowing
it to enter cells [7].

Twenty elements are considered essential for plant growth, including those that may
derive from air (carbon, oxygen, hydrogen), air and soil (nitrogen), or soil alone, such as
boron, calcium, chorine, copper, iron, magnesium, manganese, molybdenum, and zinc [8].
Certain fungi and plants can form a symbiotic relationship in which the mushrooms help
plants acquire trace nutrients in exchange for carbon. Fungi specialize in concentrating
elements and passing them along to plants. About 80% of plant roots participate in this
type of relationship, meaning that almost all nutrients taken up by plants first transit
through fungi [9]. Thus, the function of fungi is to accumulate essential elements (notably
K, Na, and Zn) not only for mushroom growth but also for that of plants and, indirectly,
for animals and humans that consume components as food [2].

3. Fungal Uptake of Metals/Metalloids with Neurotoxic Potential

While fungi absorb metals in soil required for their normal growth and pigmenta-
tion, they also take up and bioaccumulate soil metals that are present in concentrations
that would be harmful to plants [4]. In turn, certain metals found in soils, often due to
anthropogenic activities, can harm mushrooms by competing for binding with elements
that fungi need for metabolism and reproduction [2,10]. In general, fungi adapt to the soil
content of metals [11], as illustrated by arsenic and lead, but high levels of certain elements
can perturb fungal growth and development [12]. The ability of mushrooms to accumu-
late heavy metals is relevant to their use by humans for food, nutrient supplementation,
and mycomedicine.

Numerous studies have measured the concentration of various elements in mush-
rooms, including metals/metalloids with potential for human neurological disease. Ar-
senic concentrations in the fruit bodies of 37 common edible mushrooms ranged from
>0.05 mg/kg to 146.9 mg/kg [13]. The ability to accumulate arsenic was found in mush-
rooms with saprotrophic nutrition (feeding on nonliving organic matter), including the
Basidiomycetes families of Agaricaceae, Tricholomataceae, and Gasteromycetaceae. By
contrast, arsenic accumulation was not detectable in xylophagous (rotting wood-feeding)
or mycorrhizal (plant-fungus symbiotic) species of edible mushrooms. Forms of arsenic
found in mushrooms include arsenobetaine, arsenate, arsenocholine, and unidentified
compounds containing the trimethylarsonium ion [14,15]. Fresh fruit bodies reportedly
contain about a tenfold lower arsenic level than dried specimens [13]. Studies from north-
west Spain and Dhaka, Bangladesh, reported low mean concentrations of arsenic (0.27 and
0.51 mg/kg dry weight, respectively) in wild and cultivated mushrooms [16,17].

As with arsenic, widely divergent levels of lead have been found in fungi. Some
reports do not clarify whether content refers to fresh fungal tissue or dry weight (dw). A
study from Tuscany, Italy, reported a range of lead concentrations from 0.4 to 15.5 mg/kg
in fungi and 22 to 51 mg/kg in soil [18]. Lead content ranged from 1.9 to 10.8 mg/kg
in mushrooms collected from three sites in China [19] and between 0.4 and 36 mg/kg
in Sweden [20]. A similar concentration range (0.60–11.4 mg/kg) was found in wild
mushrooms collected in Turkey [21], while lower levels (up to 2.4 mg/kg) were found
in species collected in parts of Germany, Macedonia, Greece, and Turkey [22–25]. High
levels of lead were measured in wild mushrooms (76.00 ± 9.78 mg/kg) and edible species
(6.46–27.33 mg/kg) sold in Nigeria [26,27].

Several other studies have examined the concentration of metals in fungi, including
elements with neurotoxic potential. Reports focused on tissue mercury content [28,29]
found high levels (4.9–22 mg kg dw) in edible Boletus species in the mercuriferous belt
of southwestern China [30] and lower levels (2.28 mg/kg) in B. edulis (edible Penny Bun
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mushroom) collected in Croatia [31]. Cadmium and silver are also taken up by B. edulis [32].
Analysis of 14 wild edible mushrooms collected in Yunnan, China, identified high concen-
trations of manganese (13.5–113 mg/kg) and iron (67.5–843 mg/kg) [33]. Lead, cadmium,
mercury, and selenium were found in 60 species of common edible mushrooms collected
mainly in the province of Reggio Emilia, Italy [34]. Species of Agaricus, Macrolepiota, Lepista,
and Calocybe accumulate a high content of cadmium and mercury, even in unpolluted
areas, but the concentration of these metals increases considerably in heavily polluted sites,
such as in the vicinity of both working and abandoned metal smelters or inside cities [35].
Blanching and pickling edible mushrooms reduce their metal content [35].

A recent article analyzed 200 European publications (published between 2001 and
2016) that describe the concentration of selected elements in mushrooms [36]. Papers
dealing with elements such as Cd, Cu, Fe, Pb, and Zn originated primarily from Turkey,
Poland, Spain, and the Czech Republic. Many studies underlined the need to assess the
risk to human health arising from the consumption of mushrooms taken from various
contaminated habitats because polluted soils and water directly impact the concentration
of elements in mushrooms. Those with a high lead content were collected from soils
impacted by former metallurgical and mining activities. For example, in Příbram, Czech
Republic, the upper soil layer had a lead concentration of 36,234 mg/kg, while the stipe
of B. edulis growing in this area contained 165 mg/kg dw [37]. A copper concentration
of 427 mg/kg dw was measured in samples of B. edulis collected near a copper smelter
in Norway [38], while high concentrations of lead (11,460 mg/kg dw), manganese, and
copper were measured in Lepista (Clitocybe) nuda (edible Wood Blewit mushroom) collected
from the Eskişehir forest area of Turkey [39]. Many years of traffic pollution were blamed
for the very high levels of iron (9685 mg/kg dw) in Omphalotus olearius (Jack-O’-Lantern
mushroom), a poisonous xylophagous fungal species taken from the forest along the
Balıkesir-Manisa highway in Turkey [40]. Other studies linked vehicular pollution to the
lead content of certain fungal species collected near heavily trafficked roads [41]. The
ability of mushrooms, such as Pleurotus species, to biosorb heavy metals has important
applications for remediation of polluted soil and water of industrial origin [12]. Uptake of
heavy metals by the mycelia of P. ostreatus (Oyster mushroom) increased proportionally to
their concentration in the medium on which the fungus was grown [42].

Botanicals contain polyvalent phytic acid, which can bind bi- and trivalent cations
of various elements. At neutral pH, metal binding to phytic acid corresponds to Cu > Zn
> Ni > Co > Mn > Fe > Ca [43]. The cap of mushrooms produces stress-related factors
(metallothionein) that govern the uptake of metal ions [44]. Cysteine-rich oligopeptides
(phytochelatin family) bind a large fraction of cadmium in the caps of B. edulis when
the edible mushroom is exposed to excess metals [45]. Fungi also bisorb and sequester
heavy metals via melanin, a negatively charged hydrophobic pigment formed by the
polymerization of indolic and phenolic compounds. Experiments with melanin extracted
from Armillaria cepistipes (Ringless Honey Mushroom) revealed a differential metal affin-
ity, namely Pb2+ > Cr3+ > Ni2+ > Cd2+ > Zn2+ > Ca2+—with an extreme preference for
Pb2+ (80% removal) over the essential metals (0% and 12% removal for Ca2+ and Zn2+,
respectively) [46]. Fungal melanin production can be both constitutive and facultative,
production increasing according to environmental stressors, such as UV radiation, drying,
high concentrations of salts, heavy metals, and radionuclides [47]. Melanized fungi are
thus candidates for soil and water bio(myco)remediation [48].

4. Heavy Metals in Mushrooms with Potential Neurotoxicity

The True Morel Morchella esculenta, a facultative mycorrhizal mushroom widely prized
by gourmets, illustrates the potential human health threat of consuming mushrooms that
bioaccumulate metals from contaminated soil. In the USA, lead arsenate (PbHAsO4) was
widely used as a moth pesticide from the late 1800s, replaced by DDT in the 1950s, and
banned from use in fruit orchards in 1988. However, the potentially neurotoxic elements
(Pb, As) persist in the topsoils on which morels grow. A study of 29 abandoned apple
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orchards in the northeastern USA revealed a range of lead and arsenic in soil (19.20–2450
and 3.08–244.00 mg/kg, respectively) and in the fruit bodies of M. esculenta (0.5–13.00 and
0.15–2.85 mg/kg, respectively) growing on polluted soils. The respective concentrations
were statistically associated (r = 0.81) for lead and arsenic in soil, and for soil and morel
lead content (r = 0.94, r = 0.57, respectively). Almost all (94%) of the arsenic stored in
morel tissues was in the inorganic form, and the levels of the two elements in morel
fruitbodies were considered to pose a human health risk [49]. A mycologist who consumed
M. esculenta collected from apple orchards had elevated levels of urinary arsenic and lead;
he complained of symptoms consistent with sensory (arsenic) neuropathy that resolved
following chelation therapy [50].

False Morel mushrooms, such as Gyromitra esculenta, a poisonous species that is never-
theless eaten by some, contain gyromitrin (acetaldehyde N-methyl-N-formyl-hydrazone)
(Figure 1, center). While the function of fungal gyromitrin is unknown, hydrazones can
form complexes with metals, such as Ni2+, Cu2+, Zn2+, and Cd2+ [51]. The principal metabo-
lite of gyromitrin, monomethylhydrazine (MMH) (Figure 1, left), is an acutely neurotoxic
compound that interferes with pyridoxine utilization by both glutamic acid decarboxylase
and γ-aminobutyric acid (GABA) transaminase, leading to decreased concentrations of the
inhibitory neurotransmitter GABA in the brain and consequent induction of seizures [52].
Levels of MMH in G. esculenta vary and can be reduced by prolonged desiccation [53].
Consumption of the False Morel G. gigas collected from soils near a closed lead mine in
the French Alps has recently been linked to a focus of amyotrophic lateral sclerosis; while
the authors did not measure lead levels in local False Morels, they attributed induction of
neurodegenerative disease to the genotoxic properties of MMH [54].

Figure 1. Monomethylhydrazine (left), gyromitrin (center), and agaritine (right). Source: PubChem,
National Institutes of Health National Library of Medicine https://pubchem.ncbi.nlm.nih.gov/,
accessed on 14 March 2021.

Hydrazine is a reducing agent that is used industrially to reduce metal salts and oxides
to pure metals. Phenylhydrazines, notably agaritine (N2-(γ-L-glutamyl)-4-hydroxymethylph
enylhydrazine) (Figure 1, right), are found in Agaricus mushrooms. Concentrations range
from 200 to 500 mg agaritine/kg fresh weight in cultivated species of the universally eaten
A. biporus (Button Mushroom). Wild samples of A. elvensis have been reported to contain
up to 10,000 mg agaritine/kg fresh weight [55,56]. Heavy metals (mg/kg) in the fruit-
ing bodies of A. bisporus growing wild in Poland included: Cd, 0.68–6.14; Cr, 0.38–6.93;
Cu, 1.90–101.71; Fe, 33.01–432.24; Mn, 2.86–387.43; Ni, 0.20–3.09; Pb, 0.98–42.83, and Zn,
31.87–124.84 [57]. Samples collected near Kermanshah City, Iran, contained levels of ar-
senic (mean 65.23 ± 13.57 mg/kg) and zinc (mean 66.23 ± 2.80 mg/kg) that exceeded the
maximum permissible limit [58].

5. Plant Uptake of Metals/Metalloids with Neurotoxic Potential

The presence of heavy metals in plants used for food and their associated human
health threats have been comprehensively reviewed by Rai and colleagues [59]. The root
causes of this problem are attributed to the rapid pace of urbanization, changes in land
use, and industrialization, especially in countries with high populations, such as India
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and China. Whereas in parts of Asia and Africa, inadequately treated wastewater, effluent,
and sludge used for irrigation are the main sources of plant contamination, sources of
heavy metals in food plants grown in America, Europe, and Oceania arise predominantly
from particulate matter (from industrial and transport sectors) and agricultural practices.
Sludge from distilleries and the chemical, electroplating, textile, and leather industries
is often found to contain significantly high concentrations of heavy metals, such as Cr,
Cu, Fe, Mn, Ni and Pb. Gold mining is a leading source of heavy metal contamination
(especially Cd, Hg, Pb) in soil and food crops. Plants used in Asian herbal medicines
acquire metal contaminants (e.g., As, Cd, Cr, Cu, Fe, and Pb) when grown near smelting or
other industrial areas [60–62].

Certain plant species can immobilize metals in soil and groundwater through absorp-
tion and accumulation by roots, adsorption onto roots, or precipitation within the root
zone, a process known as phytostabilization. Other species absorb and hyperaccumu-
late metals/metalloid contaminants through a phytoextraction process. Several plants,
such as Brassica spp., can accumulate lead in concentrations >50 mg/g dw. The roots of
B. juncea (Oriental Mustard) concentrated mercury 100-270X (dw) above initial solution
concentrations, but only 0.7–2% was translocated to the shoots [63]. Numerous metals
have been measured in plants used for cereals, fruits, and vegetables; for example, samples
of rice (Oryza sativa) contained chromium (15–465 mg/kg), manganese (61–356 mg/kg),
and lead (16–16,500 mg/kg), and high levels of arsenic have been found in rice and lettuce
(Lactuca sativa) [59].

6. Heavy Metals in Plants with Potential Neurotoxicity

6.1. Grasspea

The legume Lathyrus sativus (grasspea) (Figure 2), prolonged heavy consumption of
which triggers the irreversible central motorsystem disease lathyrism [64,65], is a strong
metal accumulator of lead and cadmium in all parts of the plants [66–68]. Root tissues of
lead-exposed grasspea showed a six-fold, two-fold, and three-and-a-half-fold reduction
in calcium, zinc, and copper contents, respectively, which indicated the plant tolerates a
deficiency in essential nutrients while storing large amounts of lead [69]. The uptake of
cadmium and copper in grasspea shoots was exponential over the range of concentrations
tested [70]. The distribution of lead in L. sativus has a selective character: leaves > roots
> stems > seeds. While lead is also found in the seed, soil pollution with heavy metals
does not affect seed quality, such that the high nutrient (K, O, Cu, Fe, Mn, Zn) and protein
content (23.18–29.54%) is preserved [71]. Grasspea can also bioaccumulate arsenic in roots
> shoots [72]. These properties are important because grasspea is considered an ideal crop
for resource-poor farmers, is widely eaten on the Indian subcontinent, and serves as both a
regular and famine food in the northern Ethiopian highlands [73,74].

The neurotoxic property of grasspea is attributable to its content of the excitotoxic
nonprotein amino acid β-N-oxalylamino-L-alanine (L-BOAA, syn. dencichine) (Figure 3),
also known as β-oxalyldiaminopropionic acid (β-ODAP) and, perhaps, also to its low
content of methionine and cysteine [68]. L-BOAA/β-ODAP is found in all parts of the plant,
with concentrations of 0.5–2.5% in traditional varieties of grasspea [75]. Zinc deficiency
and oversupply of iron to the roots of L. sativus induce increases in the L-BOAA/β-ODAP
content in ripe seed [76]. The biosynthesis of L-BOAA/β-ODAP and its genetic and
environmental regulation are under intensive study because grasspea is tolerant of drought
and waterlogging, flourishes without inputs, and the seed has significant protein content,
such that grasspea varieties with low-L-BOAA/β-ODAP content may potentially serve as
a safe and valuable foodstuff [68,77,78]. However, environmental factors such as drought,
zinc deficiency, iron oversupply, and the presence of heavy metals in the soil reportedly
can considerably increase the level of L-BOAA/ß-ODAP in the seed of grasspea [79].
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Figure 2. Lathyrus sativus (grasspea), an annual legume cultivated in arid and semiarid areas, has
attractive flowers (A,B) and yields nutritious seed (C). The seeds are a rich source of protein and
starch (D). Reproduced with permission from Xu et al. [68], doi:10.3390/ijms18030526, accessed on
23 February 2021.

Figure 3. Structure of β-N-oxalylamino-L-alanine. Source: PubChem, National Institutes of Health
National Library of Medicine https://pubchem.ncbi.nlm.nih.gov/, accessed on 14 March 2021.

The addition of arbuscular mycorrhizal fungi (AMF) to grasspea seedlings promoted
plant growth of grasspea under sulfate stress [80]. AMF are associated with most terrestrial
plants: they penetrate the roots and form symbiotic relationships that protect the plant from
diverse stressors, including resistance to temperature extremes, drought, waterlogging,
salinity, and heavy metals [81]. L. sativus is highly tolerant of such environmental stressors,
which suggests AMF are normally associated with the plant and thus able to provide
some protection against heavy metals. The subject is of importance to the health of people
with dietary reliance on grasspea in countries such as Bangladesh, Ethiopia, India, and
Nepal [77].

6.2. Cassava

The tubers and leaves of Manihot esculenta (cassava) provide a source of food for huge
numbers of people in Asia, Africa, and South America (Figure 4). For example, cassava
tubers supply ~70% of the daily calorie input for >50 million people in Nigeria, the world’s
largest cassava producer (49 million metric tons/year). Fresh cassava root contains >30%
carbohydrate, >2% protein, 0.1% fat, and >75% moisture content [82,83]. However, M.
esculenta also synthesizes cyanogenic glucosides (linamarin and its methylated relative
lotaustralin; 97:3), the concentration of which must be substantially reduced before the
tuber is used for human consumption. The method of processing cassava roots, the
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duration of tuber storage, and the type of meal preparation determine the amount of
consumer exposure to cassava cyanogens and heavy metals [84]. Failure to remove the
cyanogenic glucosides and their products before human ingestion can precipitate acute
cyanide (HCN) poisoning or, with continued daily consumption, the subacute onset of an
irreversible motorsystem disease (cassavism), which is known as konzo in the Democratic
Republic of Congo and mantakassa in Mozambique [85,86]. Whether the daily consumption
of cassava-derived gari in Nigeria is also responsible for endemic peripheral neuropathy
with optic atrophy and sensorineural deafness has been questioned.

Figure 4. Manihot esculenta Crantz. leaves (left) and tubers (right).

Acute toxicity from cassava processing and/or ingestion results from cyanide ion
(CN–) binding to iron and copper sites in cytochrome c oxidase, which is required for
electron transport and energy generation. Cassavism is associated with elevated levels
of urinary thiocyanate (SCN–) produced in the consumer by the addition of endogenous
methionine/cystine sulfur to cyanide by thiosulfate sulfurtransferase (rhodanese) [87],
the enzyme activity of which is inhibited by certain metal ions (Au, Ni, Pt, and Zn) [88].
Laboratory animals given a sulfur-free diet also eliminate CN as cyanate (OCN–) [89],
prolonged exposure to which (in the form of NaOCN) can precipitate peripheral neuropa-
thy [90]. All three anions (CN–, OCN–, and SCN–) form metal complexes, at least in the
chemistry laboratory [91–93]. Cyanide also forms stable complexes with cobalt, gold, iron,
and mercury, a property used commercially to leach the metal from gold-bearing ore [94].
Linamarin may be involved in the uptake of gold and mercury into cassava roots [95].

Several studies have shown heavy metals in cassava and the processed flour derived
from its root. Cassava in communities in Nigeria’s River State contained metal elements in
both the leaves (Fe > Cu > Cr > Ni > Pb > Cd) and tubers (Fe > Cu > Cr > Ni > Pb > Cd) [96].
Metal concentrations in the tubers (Cd, Ni, and Pb) and leaves (Cd, Cr, and Pb) of cassava
plants grown on soils around a lead sulfide (galena) mining area in Nigeria’s Ebonyi State
exceeded WHO standards [97]. Exceedances for Al, As, Ca, Cr, Cu, Fe, K, Mn, Pb, and Zn
were found in cassava tubers growing around two cement factories in Ogun State, Nigeria [98].
Cassava grown on soil contaminated with crude oil in the Niger Delta Region contained
heavy metals (Fe > Zn > Ni > Pb > Cd > Cr) in their leaves and tubers [99].

Automobile emissions added to the metal content of soil samples and cassava plants
collected from farmlands along a major expressway in Nigeria’s Delta State [100]. Mean
levels (mg/kg) of heavy metals (Fe> Zn> Ni> Cr > Pb) in soil samples were 142.93 ± 42.16
for Fe, 59.34 ± 25.21 for Zn, 24.98 ± 15.57 for Ni, 14.27 ± 5.39 for Cr, and 13.63 ± 5.41
for Pb. Corresponding mean metal concentrations (mg/kg) in cassava leaves and tubers
were, respectively, 21.70 ± 3.45 and 9.62 ± 3.53 for Fe, 4.15 ± 1.01 and 1.15 ± 0.44 for
Zn, 5.12 ± 2.75 and 0.37 ± 0.63 for Cr, and for leaves only, 3.46 ± 1.58 for Pb. Plant
concentration factor values corresponded to Cr > Pb > Fe > Ni. Cassava harvested from
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farmlands along highways in Owerri, Nigeria, contained leaf concentrations of Zn > Cu
>Pb> Ni > Cd [101].

Metal contamination also occurs from the common practice of sun-drying cassava
flour by the roadside [102]. Significantly elevated concentrations of Pb > Fe > Cu > Cr >
Mn > Zn > Ni > Cd > Co were found in cassava flour processed by roadside drying along
a Nigerian highway [103]. Samples of cassava flour purchased from the capital city of
Nigeria’s Osun State contained lead concentrations (up to 0.34 mg/kg) that far exceeded
the Nigerian Industrial Standard Permissible Level (0.1 mg/kg). However, flour levels
(mg/kg) of CN (0.03–0.09), cadmium (0.01–0.0), copper (0.35–0.62), iron (0.1–0.6), nickel
(0.20–0.49), selenium (3.46–5.43), and zinc (0.182–0.3) were within permissible limits [104].

While several studies have revealed the potential for heavy metal contamination of
cassava roots and leaves used for food in sub-Saharan Africa, whether and which metals
can influence the content, speciation, or neurotoxic potential of the plant’s cyanogens and
their metabolites are unknown. Metal neurotoxicity has not been reported or looked for in
those who use cassava as a food staple.

7. Key Conclusions

Botanicals used for food, nutritional supplements, and medicinal purposes can bioac-
cumulate metals/metalloids with neurotoxic potential in concentrations that, in some
circumstances, exceed permissible limits for human consumption. While certain heavy
metals/metalloids, such as arsenic, lead, manganese, and mercury [105–108], have es-
tablished human neurotoxic potential, especially during brain development, their effects
from ingestion of contaminated botanicals have rarely if ever resulted in diagnosed neu-
rological illness. Associations have been reported between heavy metals and certain neu-
rodegenerative diseases, including amyotrophic lateral sclerosis [109,110], Parkinson’s dis-
ease [111,112], and Alzheimer’s disease [113,114], but evidence of cause–effect relationships
is generally lacking. Chemical principles in some mushrooms (hydrazone/hydrazines)
and plants (dencichine, cyanogens) have established human neurotoxicity [115,116], their
concentration varying in response to the uptake of metal elements from soil and water.
Such botanical species normally pose serious health hazards to humans because of their
potential for acute, chronic, and possibly long-latency neurological disease, the risk for such
effects varying with the amount and duration of consumption. Witness the extraordinarily
high prevalence (5.5% in 2019) of spastic paraparesis (lathyrism) in northeast Ethiopia, with
somewhat higher rates (6.2%) among those who use traditional iron-containing clay pots to
cook grasspea [117]. The metallic content of botanicals used for food, thus has the potential
for direct and indirect adverse effects on the human nervous system. On the other hand,
the ability of certain botanicals to bioaccumulate certain metals/metalloids is exploited
to protect human health by reducing soil and water pollution via phytoremediation and
mycoremediation [118,119].
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Abstract: Metals are actively involved in multiple catalytic physiological activities. However, metal
overload may result in neurotoxicity as it increases formation of reactive oxygen species (ROS) and
elevates oxidative stress in the nervous system. Mitochondria are a key target of metal-induced
toxicity, given their role in energy production. As the brain consumes a large amount of energy,
mitochondrial dysfunction and the subsequent decrease in levels of ATP may significantly disrupt
brain function, resulting in neuronal cell death and ensuing neurological disorders. Here, we
address contemporary studies on metal-induced mitochondrial dysfunction and its impact on the
nervous system.

Keywords: mitochondrial dysfunction; neurological disorders; metals; neurotoxicity

1. Introduction

Mitochondria play a key role in many cellular physiological and pathological pro-
cesses, including energy metabolism, calcium homeostasis, lipid biosynthesis, and apopto-
sis [1]. One of their main functions is to produce adenosine triphosphate (ATP) by coupling
the electron transport chain (ETC) with phosphorylation. The ETC consists of four major
protein–metal complexes (I–V) which primarily serve to generate a proton gradient to
drive the production of ATP [2]. Superoxide anion, a byproduct of the ETC’s operation,
is extremely unstable and rapidly converted into hydrogen peroxide (H2O2) and ROS in
the cytoplasm [3]. However, excessive production of ROS may cause oxidative stress, ETC
dysfuction, mitochondrial structural damage [4,5], and oxidative damage to proteins, DNA,
and lipids [6].

Neurons are highly polarized cells, heavily dependent on the energy generated by
mitochondria, and the brain consumes about 20% of the body’s resting ATP, while it
accounts for only about 2% of the body’s mass [7,8]. In addition, mitochondria are necessary
calcium-buffering organelles in neurons as they regulate local calcium dynamics to control
neurotransmitter release [9]. Mitochondrial dysfunction has been implicated in a variety
of diseases, and is a causative factor in several neurodegenerative diseases, including
Alzheimer’s disease (AD), Parkinson’s disease (PD), Huntington’s disease (HD), autism,
and amyotrophic lateral sclerosis (ALS) [10–12].

Among the chemical elements that humans are exposed to, metals play an important
role in both health and disease. Metals are natural components of the Earth’s crust and
enter the biosphere through a variety of human activities [13]. They are generally classified
into two groups: essential and non-essential metals. The main routes of human exposure
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include ingestion, inhalation, and dermal contact [14]. The brain is able to regulate these
metals effectively under physiological conditions. However, excessive exposure to metals,
such as arsenic (As), aluminum (Al), cadmium (Cd), lead (Pb), copper (Cu), and manganese
(Mn) may lead to their accumulation, and ensuing neurodegeneration [15]. Mitochondrial
impairment and metal dyshomeostasis have been linked to some neurodegenerative dis-
orders including AD, PD, HD, and ALS [12]. Metals can cause neurodegeneration by
disrupting mitochondrial function, and thereby deplete ATP, induce ROS production, and
ultimately lead to cell death through apoptotic and/or necrotic mechanisms [16]. There has
been a growing interest in understanding the metabolism of neurotoxic metals and their
role in the etiology of various neurodegenerative diseases, and a great deal of research has
been done for this purpose. However, the effects of various metals on different neurodegen-
erative diseases are not identical, and their specific mechanisms of damage have yet to be
fully clarified. Therefore, in this review, we summarize the latest reports on the mechanism
of mitochondrial dysfunction in neurodegenerative diseases caused by metal exposure.

2. Neurological Disorders with Mitochondrial Dysfunction and Oxidative Stress

2.1. Alzheimer’s Disease (AD)

AD is a well-known age-related neurodegenerative disorder characterized by pro-
gressive decline in cognitive function and pathological features of increased neuronal cell
death [17]. The etiological hypotheses for AD mainly include genetics [18], decreased
acetylcholine synthesis [19], accumulation of neurotoxic protein plaques of amyloid-β
(Aβ) peptide [20], fibrous tangles with high phosphorylation of tau protein (P-tau) [21],
or irregular mitochondrial function and dynamics [2]. However, the pathogenesis of AD
remains unclear. It has been demonstrated that mitochondrial dysfunction is an early event
in AD pathogenesis, characterized by decreased metabolism, disruption of Ca2+ homeosta-
sis, elevated ROS levels, lipid peroxidation, and apoptosis [22]. An increased association
between mitochondria-associated membranes (MAM) and mitochondria has also been
linked to the pathogenesis of AD [23,24]. Moreover, variations in mtDNA have also been
found to be related to the pathogenesis of AD, such as mutations in the heteroplasmic
somatic mtDNA control region [25] and mitochondrial point/missense mutations in genes
encoding cytochrome c oxidase subunits I, II, and III [26].

Although aging is a major risk factor for AD, extensive epidemiological evidence
suggests that exposure to environmental toxins, particularly pesticides, metals, and sol-
vents, may increase the risk of developing neurodegenerative diseases [27]. Neurotoxic
metals, such as Pb [28], Hg [29], Al [30], Cd [31], and As [32] have been implicated in
AD due to their ability to increase Aβ peptide and P-tau phosphorylation, leading to
senile/amyloid plaques and neurofibrillary tangles (NFTs). Synergistic exposure to Pb, As,
and Cd has been shown to further enhance the expression of amyloid precursor protein
(APP) and BACE1, which in turn maximizes the induction of Aβ production [32]. A recent
in vivo study showed that chronic inorganic arsenic (iAs) exposure aggravated AD-like
pathology in 3xTgAD mouse brain, including reduced ATP content and complex I levels, as
well as increased ROS formation in the hippocamus. In addition, higher immunopositive
responses to amyloid isoforms and phosphorylated tau were observed in the frontal cortex
and hippocampus [33]. It has been proved that Al in the brain can regulate the expression,
distribution, and accumulation of APP and induce the maladjustment of iron-modulated
signaling pathways through its interaction with the IRE mRNA regions, thus stimulating
Fe2+-induced membrane lipid peroxidation and causing oxidative damage [30,34,35].

A large body of evidence suggests a role for essential metal ion dysregulation in
the etiology of AD, in particular the accumulation of Cu, zinc (Zn), and iron (Fe) in the
amyloid plaques [36–38]. It is well established that an increase in loosely bound Cu
and Fe in human AD brains can promote oxidative stress [39]. It is worth noting that
although the total copper content in the AD brain is lower, the proportion of redox-active
exchangeable Cu is higher, which is positively correlated with increased oxidative damage
and AD neuropathology [40]. Similarly, tau displays redox activity when it binds to Cu,
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leading to further oxidative damage in the brain [41]. Mitochondrial ferritin deficiency
aggravates the neurotoxicity induced by β-amyloid in mice, which may be related to
the increase in intracellular iron accumulation and oxidative stress levels [42]. In vitro
studies have demonstrated that binding of iron to Aβ peptide can promote Aβ aggregation
and further increase the neurotoxicity of Aβ [43–45] by regulating the redox potential to
the level at which iron’s redox cycling occurs, which not only leads to the production of
oxidative species, but also consumes essential oxygen and biological reductants [46]. ROS
or exogenous oxidants can promote the release of harmful zinc from metallothionin, which
in turn leads to mitochondrial dysfunction and further oxidative stress [47–49], and affects
protein aggregation [50–52]. Studies have shown that zinc content is particularly high in
AD neurons expressing mutant APP, PSEN1, and tau [53,54]. A systematic review and
meta-analysis has shown that patients with AD had lower serum Mn levels, suggesting
that Mn deficiency may be a risk factor for AD [55]. However, the link between Mn and AD
remains very limited. The expression level of MnSOD in the hippocampal CA1–CA4 region
of AD patients was 3–11 fold higher than that of the control group, suggesting the normal
compensatory mechanism of Mn-dependent antioxidant enzymes may not be sufficient to
protect the hippocampus from free radical oxidative damage [56].

2.2. Parkinson’s Disease (PD)

PD is the second most prevalent and incidental neurodegenerative disease, affecting
more than 2% of the population older than 65 years old [57]. Typical symptoms of PD
include rigidity, bradykinesia, and test tremor [58]. The main pathological features of
PD include selective loss of dopaminergic neurons in the substantia nigra (SN) region
of the brain and more widespread aggregation of protein α-synuclein in Lewy bodies
(LB) [59]. PD is accociated with mitochondrial dysfunction and calcium and dopamine
(DA) dyshomeostasis, as well as abnormal autophagy and proteostasis [60].

Numerous studies have posited that mitochondrial dysfunction plays a key role in
the pathogenesis of PD. The first line of evidence was documented in 1989 by Schapira
and co-workers as they found a decrease in complex I of the ETC in the SN pars compacta
(SNpc) of PD patients [61], which has been further confirmed [62]. The expression of
mitochondrial proteins were changed, such as the molecular chaperones [63], the protease
HtrA2 [64], a and b hemoglobins [65], or the outer mitochondrial membrane VDAC1 [66].
Recent studies showed that a vicious cycle between α-synuclein aggregation and mitochon-
drial impairment may exist in DA neurons [67]. Alterations in the PD-related genes DJ-1,
PINK1, parkin, alpha-synuclein, and LRRK2 can directly or indirectly lead to mitochon-
drial dysfunction, resulting in increased ROS production and susceptibility to oxidative
stress [68,69]. Oxidative stress plays an important role in the degeneration of dopaminergic
neurons in PD [70]. Accumulating evidence has shown that oxidative stress is elevated in
the brains of PD patients of both genetic and sporadic cases, and oxidative stress markers
can be found in the SNpc DA neurons and their striatal axons [69,71]. DA metabolism,
mitochondrial dysfunction, and neuroinflammatory processes are the main contributors to
oxidative stress augmentation in PD [72].

More than 90% of PD cases are sporadic, and the etiology is associated with the com-
plex interaction between genetic susceptibility and environmental stimuli [73]. The role of
metals in the pathogenesis of PD has been the focus in medical chemistry and neurotoxicol-
ogy [74,75]. Epidemiological studies have reported positive correlations between PD and
long-term exposure to metals, such as Mn, Hg, Cu, Pb, Zn, Fe, and Al [76,77]. Metal expo-
sure has been associated with key factors in the pathogenesis of PD, such as mitochondrial
dysfunction, alterations in metal homeostasis, and aggregation of a-synuclein [30,78–81].
Epidemiological studies have reported a significant dose–response relationship between
PD patients and blood Hg levels [82]. Hg has been found to cause neuron loss and cognitive
and motor impairments in animal models, and further in vitro studies have shown that
mercury exposure can cause apoptosis and oxidative stress [83–85]. SN neurons contain
neuromelanin that can bind Fe and generate free radicals, causing cell death and lipid
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peroxidation [86]. Fe can also induce dopamine oxidation in SN neurons, which leads to
the release of additional free radicals [87]. The binding of Cu to α-synuclein can induce
oxidative damage of the protein and the oxidation of some C-terminal residues can promote
protein aggregation [88–91]. High concentrations of free Zn in the PD anterior olfactory
nucleus was detected and the colocalization of free zinc and alpha-synuclein suggested
the role of zinc in the pathogenesis of PD [92]. In a mouse model of PD, Mn exposure
can enhance mitochondrial dysfunction to aggravate neurodegeneration and progressive
motor deficits [93].

2.3. Huntington’s Disease (HD)

HD is an inherited autosomal dominant neurodegenerative disorder caused by a
CAG amplification of the huntingtin (Htt) gene. The typical clinical manifestations are
chorea-like involuntary movements, dementia, and psychiatric symptoms [94], and the
pathological features are selective loss of striatal neurons and aggregation of the mutant Htt
protein [95,96]. Disruptions of mitochondrial energy metabolism were found in the brains
of patients with advanced HD, including reduced activities of mitochondrial respiratory
complexes II–IV and aconitase [97,98]. In addition, in vitro studies with samples from
presymptomatic and pathological Grade 1 HD patients showed no changes in striatal or
cortical complexes I–IV activity, suggesting that mitochondrial energy impairment is a
late event in the progression of the disease, rather than a cause [99,100]. HD patients also
exhibit weight loss, which may be due to the mitochondrial ATP synthesis disorder [101].
The pathogenesis of HD is related to mitochondrial dysfunction, which is manifested by
reduced ATP/ADP ratio, decreased O2 consumption, increased mitochondrial ROS and
fragmentation, abnormal lactate/pyruvate levels, and decreased mitochondrial membrane
potential [102]. These apparent mitochondrial dysfunctions may be related to interaction
with mutant Htt [103]. Mutant Htt can interfere with mitochondrial function by bind-
ing to Drp1 to disrupt the balance of mitochondrial fission–fusion dynamics, reducing
anterograde and retrograde axonal mitochondrial transport, and binding to peroxisome
proliferator-activated receptor coactivator-1α (PGC-1α) protein which is involved in mi-
tochondrial biogenesis and antioxidant defenses [104,105]. The ultimate result of these
mitochondrial injury is a reduction in ATP production, with ensuing neuronal dysfunction
followed by death [106].

Although evidence of metal involvement in HD pathogenesis is limited, histologi-
cal and MRI studies demonstrate elevated basal ganglia iron levels in HD patients [107].
Agrawal and Fox found that mitochondrial iron accumulated in a mouse model HD brain,
and neonatal iron supplementation could increase the accumulation of mitochondrial iron
in the brains and enhanced markers of mitochondrial dysfunction [108]. Cu has been
shown to promote aggregation of huntingtin protein [109]; however, it is not clear whether
the abnormal distribution of Cu interacts with mitochondria [59]. The HD-associated
mitochondrial inhibitor 3-nitropropionic acid (3-NPA) causes Zn accumulation in vitro
or in vivo [110]. Studies have found that Mn deficiency is related to HD [111–116], and
exogenous Mn supplementation can promote the clearance of mutant HTT protein aggre-
gates in striatum cells [117,118]. A recent study reported that Mn-induced mitochondrial
dysfunction in HD cells could only be detected at an exposure dose above the acute toxicity
threshold [119]. One study found that Cd exposure increased oxidative stress, caused
apoptosis, and altered metal transport in heterozygous HTT striatum cells [120].

2.4. Autism

Autism spectrum disorder (ASD) is a complex neurodevelopmental disorder char-
acterized by impairments in reciprocal social interaction and communication, as well as
restricted and stereotyped patterns of interests and behaviors [121]. The pathogenesis of
ASD is unclear, and its clinical manifestations are varied. The etiology of ASD may involve
a variety of genetic and environmental factors [122]. Some studies suggested that the idio-
pathic risk factors may include obstetric complications, fetal hypoxia, maternal or paternal
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age, gestational bleeding, gestational diabetes, prenatal diet, and medication [123,124]. A
growing amount of evidence has indicated that mitochondrial dysfunction plays an impor-
tant role in the development of ASD. ASD is also associated with redox abnormality and
oxidative stress [122]. A few studies have suggested that children with autism have limited
availability of thiol and reduced glutathione (GSH) storage capacity, resulting in decreased
detoxification, increased oxidative stress and DNA damage, and chronic inflammatory
responses [125–128].

Some studies support a significant relationship between ASD and metal exposure [11].
Arora et al. measured the tooth-matrix biomarkers from twin samples, and found that the
absorption of Mn and Zn decreased while Pb increased in the ASD patients. In addition,
Mn and Pb were also associated with the severity and characteristics of ASD [129]. A
systematic review and meta-analysis concluded that early life iAS exposure is positively
associated with ASD, and the relationship between lead exposure and autism risk is
controversial [130]. Another recent systematic review and meta-analysis indicated that
existing evidence supports significant associations between ASD and Al, Cd, and Hg,
respectively [131]. Some data demonstrate that the neurotoxic mechanisms of which metals
trigger or accelerate the onset of ASD include oxidative stress, endoplasmic reticulum
(ER) stress, and destruction of essential metalloproteins, which further lead to or promote
neuroinflammation, excitatory toxicity, and apoptosis [11]. In a mouse model, perinatal Pb
exposure significantly reduced the activities of SOD, glutathione peroxidase (GPx), and
glutathione-disulfide reductase (GSR) in the hypothalamus, corpora quadrigemina, and
corpus striatum [132]. A recent cross-sectional study found that zinc levels in hair were
inversely associated with the severity of autism symptoms [133]. Fe deficiency was more
common in children with ASD compared to the control group [134], and low serum Fe and
ferritin levels may be associated with attention deficit hyperactivity disorder [135].

2.5. Amyotrophic Lateral Sclerosis (ALS)

ALS is a devastating motor neuron disorder that typically affects men and women
between the ages of 50 and 60, and is characterized by progressive muscle weakness, paraly-
sis, and death within a few years of onset [94]. The majority of cases are sporadic, but about
10% are inherited [17]. Disruption of mitochondrial structure, dynamics, bioenergetics,
and calcium buffering has been considered to be directly involved in the pathogenesis of
ALS [1,17]. Many identified ALS genes play a role in mitochondrial-related functions; for
example, superoxide dismutase 1 (SOD1), ALS2, fused in sarcoma/translocated in sarcoma
(FUS), VAMP-associated protein type B and C (VAPB), and open reading frame 72 on chro-
mosome 9 (C9orf72). Evidence gathered from patient studies as well as in vitro and in vivo
studies strongly reveals that mitochondrial dysfunction is a core event in ALS [1]. Indeed,
increased levels of ALS-associated mutant mitochondrial SOD1 may lead to mitochondrial
aberrations in ALS [59]. SOD1 mutations are the most common mutation found in ALS,
present in about 20% of familial cases and about 2% of overall cases [136]. Mutant SOD1
has been reported to be involved in pathogenesis of ALS through oxidative stress, ER stress,
glutamate toxicity, mitochondrial dysfunction, axonal transport disruption, extracellular
toxicity, and amyloid aggregation [137]. Under normal circumstances, mitochondria con-
vert 1–3% of oxygen molecules into superoxide radicals, which are later eliminated by
SOD1. Thus, in the absence of SOD1, the slowed dismutation process will lead to oxidative
stress [138]. Expansion of GGGGCC (G4C2) repeats in the C9orf72 is the most common
genetic cause of ALS with frontotemporal dementia (C9-ALS/FTD). Increased ROS and
mitochondria hyperpolarization have been reported in the fibroblasts of C9-ALS/FTD
patients [139]. A recent genetic study releaved that poly (GR), a dipeptide translated from
G4C2 repeat transcript, could be inhibited by yeast mitochondrial escape 1-like ATPase
(YME1L) and mitochondria-associated noncanonical Notch signaling [140].

The role of heavy metal exposure (such as Pb, Se, Hg, Cd, and Fe) as a risk factor for
ALS has been studied [141]. A recent systematic review and meta-analysis indicated that en-
vironmental/occupational Pb exposure was positively proportional to the risk of ALS [142].
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In vivo studies have shown that Hg accumulates in the nervous system and damages
the axons of motor neurons, consistent with the typical pathological changes of neuron
degeneration in ALS [143]. Pb and methyl-mercury (MeHg) can induce ALS-linked TAR
DNA-binding protein 43 (TDP-43) accumulation in neurons [144]. Beqollari et al. found
that exposure to low doses of MeHg could accelerate the onset of ALS in a SOD1-G93A
mouse model probably through glutamate-mediated excitotoxicity [145]. High concentra-
tions of Cd have been detected in blood, cerebrospinal fluid (CSF), and gray and white
matter in ALS patients [146–148]. Interestingly, a case-report study of ALS showed that Cd
disrupted the blood–brain barrier (BBB), decreased SOD1 levels in brain, and enhanced
the glutamate excitability in glial cells [138]. In addition, higher Mn contents in the CSF of
ALS patients have also been reported, suggesting that the regulation of Mn distribution
in human body might play a role in the etiology of ALS [148]. Peters et al. found blood
Se and Zn concentrations were negatively correlated with ALS, while blood Cu content
was positively correlated with ALS [149]. Se has a protective effect on ALS, which may
be related to the protective antioxidant mechanism [150]. Besides, Cu and Zn may play a
more direct role in the pathogenesis of ALS, because both are cofactors for cytosolic SOD1.
Most polymorphisms lead to misfolding of the SOD1 monomer, reducing its affinity for
Zn and exposing the Cu binding site, and this conformational change leads the enzyme to
generate rather than detoxify ROS [151,152]. Free Fe level was also higher in the CSF of
ALS patients compared to controls [153,154], which may increase iron redox activity and
ROS production [155].

3. Molecular Mechanisms of Metal-Induced Mitochondrial Dysfunction

3.1. Arsenic (As)

As, a widely distributed toxic metalloid, is a risk for about 200 million people in
more than 24 countries around the world [156,157]. It can be absorbed through skin,
digestive tract, and inhalation. After absorption, As can be distributed to various organs,
including kidney, lung, liver, and spleen in the animal and human bodies [158,159]. More
seriously, As can enter the central nervous system (CNS) through the BBB and accumulate
in different brain regions [160–162]. In vivo studies showed that excessive exposure to
As induced neuronal apoptosis, which interrupted the neurodevelopment and cognitive
functions of rats [163–165]. Epidemiological studies in rural-dwelling adults and elders also
show that As (3–15 μg/L) levels in water negatively correlated with the scores of cognitive
performance and memory, indicating that As is a neurotoxic metalloid [166], which also acts
as a risk factor for AD [33,167–169]. However, the mechanisms of As-induced neurotoxicity
remain unclear.

To date, As-induced neurotoxicity has been related to Aβ overproduction [32,170],
inflammatory responses [171,172], thiamine deficiency [173], oxidative stress, disruption
of neurotransmitters [163,171], cytoskeletal gene expression, mitochondrial dysfunction,
and disruption of acetyl cholinesterase activity [166,167,174]. Among them, mitochon-
drial dysfunction has been demonstrated to play a key role in As-induced neurotoxicity.
Several in vitro studies have shown that As may induce adverse effects on mitochondrial
functions. For example, Haga et al. [175] suggested that aggregated mitochondria were
found in A172 cells after 50 μM arsenic trioxide (As2O3) treatment for 8 h. Subsequently,
other investigators also suggested that sodium arsenite (NaAsO2) or As2O3 treatment
induced mitochondrial dysfunction via increasing intracellular Ca2+ levels, mitochondrial
membrane potential (MMP), or calpain 1 levels in N2A cells [176], SHSY-5Y cells [177],
and primary astrocytes [178], as well as rats’ primary neuronal cells [179]. Moreover,
in vivo studies have also verified the critical roles of oxidative stress and mitochondrial
dysfunctions in As-induced neurotoxicity [180,181].

It is well known that the mitochondrion is the main source of ROS formation, as well as
a major target of ROS [182]. Oxidative stress is closely related to mitochondrial dysfunctions
induced by As. Yadav et al. [183] showed that the activities of oxidative stress marker
enzymes MnSOD and CAT were decreased by As in the mitochondrial fraction of different
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brain regions (including striatum, hippocampus, and frontal cortex) of rats via increasing
ROS, and lipid peroxidation after exposure to NaAsO2 for 28 days [181,183]. Similar results
were found in sub-chronic As exposure studies done by other investigators which indicated
that MnSOD, CAT, Gpx, GR, and GST activity were decreased in the mitochondrial fraction
of rat brain [184,185]. Moreover, various studies suggested that As directly impaired
the mitochondrial respiratory system via oxidative stress. Dwivedi et al. [180] indicated
that As caused oxidative stress which in turn inhibited the activities of complexes I, II,
and IV in the mitochondria of rat brain. These results have been corroborated by other
labs [181,185]. Furthermore, excessive As exposure disrupted oxidative phosphorylation,
and thus interrupted the ATP synthesis and mitochondrial respiration in the mitochondria
of the brain [180,186]. Consistent with these results, sub-chronic exposure to low levels
of As has been shown to decrease gene expression of the mitochondrial complexes II, IV,
and V in mice brains [187,188]. All of the above-mentioned studies suggested that the
mechanisms of oxidative stress involved in As-induced mitochondrial dysfunctions play a
pivotal role in As-induced neurotoxicity.

In summary, these studies suggest that the mitochondrial dysfunction in the CNS is
the most important mechanism of As-induced neurotoxicity. It includes impairments of
Ca2+ homeostasis [177,189], abnormal mitochondrial dynamics [190,191], and changes in
membrane potential and permeability [174,192], which induces neuronal injuries via the
mediating mitochondria-dependent pathway.

3.2. Aluminum (Al)

Al is a ubiquitously distributed metal on the earth, and it can be easily absorbed via
skin contact, inhalation, and ingestion. Al sulfate has been ubiquitously used for water
purifying, food processing, and the medicine and pharmaceutical industry, which ensure its
presence in human bodies [193]. An increasing number of studies have shown that Al could
accumulate in various mammalian organs, including bone, kidney, lung, liver, spleen, and
brain [194–196]. Growing evidence has also suggested that Al accumulations in various
brain regions may cause neurotoxic symptoms and learning impairment [196,197]. Studies
in rodents indicated that chronic Al exposure led to Al accumulation in the hippocampus
and caused neurobehavioral impairment [198–200]. Other studies also reported that Al
caused neurofibrillary degeneration [197]. Altmann et al. showed that the impairment in
cerebral function may be related to the concentrations of Al in the contaminated water [201].
Additionally, epidemiological studies suggested that Al has been considered as a poten-
tial risk factor in the development of neurodegenerative diseases, such as AD [196,202],
PD [203,204], and ALS, etc. [205–207].

Several studies have proposed that mitochondrial dysfunction may play a critical role
in the toxic effects of Al, including neurotoxicity [197,208]. Rao et al. [209] have shown that
the ROS formation and mitochondrial respiratory activity, as well as glutathione depletion,
were increased in the glial cells after being treated with Al for 24 h. Other groups have
also depicted that Al exposure increased ROS formation and impaired the cytochrome c
oxidase, which impaired mitochondrial functions in various neuronal cell types, including
PC12 [210–212], SH-SY5Y neuroblastoma cells [213,214], and rat and cerebellar granule
neuronal cells [42,215]. Mitochondrial dysfunction was also observed in in vivo stud-
ies [216,217]. Acute exposure to 50 μM Al maltonate via intracisternal injection caused the
release of cytochrome c (cyt-c), accompanied by decreased Bcl-2, upregulated Bax, p53,
and caspase-3, and DNA fragmentation in the mitochondria of rabbit brain [218]. Subse-
quently, Kumar et al. also reported that sub-chronic Al exposure for 12 weeks resulted in
elevated ROS generation, and decreased ATP synthesis and cytochrome levels in a rat’s
brain, which implied disruption of mitochondrial function [219]. In addition, their other
study also suggested that Al exposure decreased MnSOD and aconitase activities in differ-
ent regions of the rat brain [220]. Additionally, transmission electron microscope results
showed that Al exposure caused mitochondrial swelling and vacuolization structures, and
thus increased the diameter of mitochondria in the hippocampus nerve cells of mice and
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rats [208,219]. Finally, Al exposure upregulated the autophagy-related proteins LC3-II and
Beclin-1, while downregulating p62 expression, suggesting that Al-induced learning and
memory impairments may be related to mitophagy [208].

Recently, oxidative stress and mitochondrial disorders have been suggested as major
targets for Al-induced neurotoxicity. For example, quercetin has shown protective effects on
Al-induced mitochondrial swelling and chromatin condensation in rat hippocampus [221].
Naringin also has protective effects on memory impairment of sub-chronic Al-exposed
rats via preventing the activations of mitochondrial oxidative damage in the brain [222].
Subsequently, Centella asiatica, which has antioxidant properties, was shown to ameliorate
memory impairment and the activation of oxidative stress and decrease mitochondrial
enzyme activity in the hippocampus and cerebral cortex induced by Al [223]. In addition,
some other natural compounds also have been shown to have neuroprotective effects on
Al-induced neurotoxicity, such as crocin, curcumin, and polyphenols [197,224,225]. These
studies indicate that inhibition of oxidative stress and mitochondrial dysfunction may be a
therapeutic strategy to prevent the neuronal injuries induced by Al.

3.3. Copper (Cu)

Cu is an essential trace metal for human health. Cu takes part in many cellular
enzymatic activities, including energy production, redox balance, and neurotransmitter
biosynthesis [226]. An adequate amount of copper is critical for the maintenance of redox
balance in the mitochondria [227]. The mitochondria are both a regulatory hub for Cu
homeostasis and a target of Cu toxicity [228]. For example, Cu is required for metallation of
the catalytic core of cytochrome c oxidase, a mitochondrial metalloenzyme in the respiratory
complex chain [229]. However, overload of mitochondrial Cu is detrimental to the function
of respiratory complexes, leading to elevation of ROS and mitochondria dysfunction.
Wilson’s disease is a genetic disorder caused by excessive mitochondrial copper in the
liver [227].

Brain mitochondria are particularly sensitive to the detrimental effects of Cu [230].
Compared to the mitochondria in the liver, kidney, and heart, brain mitochondria are
susceptible to elevated levels of Cu, which attacks free thiols in large molecules that are
indispensable for maintaining neuronal cell function [230]. The membrane potential, ef-
ficiency in ATP production, and structural integrity of brain mitochondria were prone
to damage caused by excessive Cu [230]. Chronic Cu exposure led to spatial memory
impairment that was associated with mitochondrial damage in the hippocampus [231].
Specifically, beta-amyloid-induced memory deficit in rats is exacerbated by Cu exposure.
Meanwhile, analysis of isolated mitochondria from rat hippocampus following Cu expo-
sure demonstrated a significant decline in mitochondria health, including increased lipid
peroxidation and glutathione oxidation [231]. Mishandling of Cu in the mitochondria
has been linked to age-related neurodegenerative disorders [232–234]. In a mice model
of AD, a proteomics study showed that low levels of Cu exposure (0.13 ppm, 2 months)
induced deficits in mitochondrial dynamics, leading to increased H2O2 production and
reduced cytochrome oxidase activity [232]. Common biochemical characteristics of PD
include accumulation of iron and diminished Cu content in degenerated brain regions. The
disruption of Cu metabolism was believed to be involved in the pathological process in loss
of catecholamine neurons [233]. Additionally, in a 6-hydroxydopamine (6-OHDA)-induced-
PD model, Cu exposure increased oxidation of 6-OHDA, resulting in an increase in the rate
of p-quinone formation and H2O2 accumulation. In the same model, the 6-OHDA-induced
lipid peroxidation and protein oxidation were potentiated by Cu exposure [234].

Mitochondrial dysfunction following chronic Cu exposure involves oxidative stress,
collapse in mitochondrial membrane potential, depletion of GSH, comprised function
of respiratory complexes, reduction in APT production, and structural damage to the
mitochondria [230,231]. Experimental evidence showed that free protein thiols in the
mitochondria are potential toxic targets of Cu [230]. GSH supplementation attenuated
Cu-induced lipid peroxidation but failed to protect oxidized thiols [234]. In addition,
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the induction of the mitochondrial permeability transition (MPT) was associated with
Cu-induced astrocytic injury [235]. Furthermore, mitochondrial health in the hippocampus
is a potential in vivo target of Cu. A recent study showed that mitochondrial biogenesis
and respiratory function were impaired in the hippocampus of mice chronically exposed
to CuCl2 [232].

3.4. Cadmium (Cd)

Cd is a heavy metal that has no nutritional roles for humans. Cd-induced cellular
damage is largely mediated by disruption of mitochondrial activity [236]. Elevation of
ROS in the mitochondria and induction of mitochondria-derived apoptosis signaling are
involved in Cd-induced neurotoxicity [237,238]. Mitochondrial protection afforded by
antioxidants can attenuate Cd-induced neuronal damage [239].

An elevation in protein and lipid peroxidation, decrease in antioxidant capacity, and
structural damage to the mitochondria were shown in the brains of rats chronically exposed
to Cd [240]. The structural stability of mitochondria-associated ER membranes (MAMs) is
critical for the proper function of the mitochondria. Recent studies show that MAMs are
not only the physical bridge to facilitate communication between the ER and mitochondria,
but they are also indispensable for cellular homeostasis processes such as autophagy, lipid
metabolism, and Ca2+ transport [241]. Cd exposure induced increased production of ROS
in the mitochondria, leading to impairment of MAMs [242]. The shapes of mitochondria are
subjected to transformations in response to cellular stress, which is driven by two closely
related processes: mitochondrial fusion and fission. Mitochondrial fusion and fission are
required for proper intracellular distribution and quality control of the organelle [243].
Mitofusin 2 (Mfn2) is a mitochondrial outer membrane-localized GTPase that is essential for
mitochondrial fusion. Cd-induced neuronal necroptosis was associated with ROS-induced
S-glutathionylation of Mfn2 [242]. Increased ROS levels are detrimental to the activity of key
enzymes involved in lipid metabolism. Cd exposure altered the lipid profile in a rat brain,
resulting in an increased level of cholesterol (CHL) in the mitochondria [244]. Furthermore,
Cd exposure promotes lipid peroxidation (LPO), which is mediated by the increased level
of oxygen free radicals [245]. The mitochondria are both a storage site for cellular calcium
ions and regulators for calcium ion homeostasis. Cd can competitively bind receptors
and ion channels that regulate calcium ion influx, modulating calcium-dependent cellular
activity [246]. The Ca2+/calmodulin-dependent protein kinase II (CaMK-II) regulates
cytoskeletal dynamics and apoptotic cell death. Recent advances show that CaMK-II
mediates the effects of Cd exposure on actin depolymerization microtubules and cadherin
junctions, which are the underlying mechanisms of Cd-induced cytoskeletal disruption
and alterations in cellular morphology [246]. Nutritional trace metals, such as Zn and Se,
can mitigate Cd-induced mitochondrial toxicity. For example, in a cellular toxicity model
of PC12 cells, Cd exposure led to depletion of cellular GSH and oxidative damage to the
mitochondria, which can be attenuated by Zn supplementation [247]. Additionally, Se
supplementation suppressed Cd-induced oxidative stress and the mitochondrial apoptosis
pathway [237].

3.5. Mercury (Hg)

Mercury is a naturally occurring element that is found in various inorganic and organic
forms [248,249]. Both organic and inorganic mercury are neurotoxic. Methylmercury
(MeHg) is of special concern as it is an ubiquitous environmental contaminant and its
consumption in fish can lead to a devastating neurological disorder, referred to as Minamata
disease [250]. Numerous studies have shown that mercury causes brain mitochondrial
dysfunction, playing a key role in Hg-induced brain damage and neurological disorders.

As early as 1974, Chang and Hartmann found that mercury was present both in
neurons and in glia after MeHg or mercuric bichloride (HgCl2) administrated to rats orally
or subcutaneously [251]. Notably, mitochondria accumulate mercury, mostly because of
their abundance of thiol (–SH) groups. Although mercury initiates multiple additive or
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synergistic disruptive effects, a key mechanism of disruption of mitochondrial function is
associated with the production of ROS. HgCl2 and/or MeHg exposure enhance ROS forma-
tion in the CNS, evidenced by both in vivo [252] and in vitro models, including primary rat
cortical neuron [253], rat cortical astrocyte [254,255], cerebellar granule neurons and astro-
cytes [256], and microglia [257], as well as in mixed primary neuron–astrocyte culture [258].
ROS overgeneration leads to consequent oxidative stress [259] and mitochondria-mediated
apoptosis. For example, MeHg exposure results in cytochrome c release, caspase-3 and
caspase-9 activation, and apoptosis-induced factors (AIF) increase in primary rat cortical
neuron [253]. Mitochondria-mediated apoptosis in brain cells is secondary to alteration
of mitochondrial membrane potential (MMP) and transition of mitochondrial permeabil-
ity [260], which have been observed in neuron/astrocyte mixed-culture [258] and astrocyte
mono-culture [261,262] after mercury exposure. In addition, the mitochondrial dysfunction
evoked by mercury was correlated with damage in mitochondrial bioenergetics. Mer-
cury has been found to act as an inhibitor of the enzymatic activities of mitochondrial
respiratory complexes, impairing ATP synthesis in rat hippocampal mitochondria [263].
MeHg exposure reduced GSH levels in astrocytes, increasing the vulnerability to oxidative
stress [264]. Apart from a series of biochemical impairments in mitochondria induced
by mercury exposure, pathological changes in mitochondrial morphology have also been
demonstrated. Li et al. [265] found that a low dose of mercury, lead, and cadmium caused
dose-dependent mitochondrial depletion, as well as ridge and matrix dissolution in the
hippocampal neurons of rats. Additionally, an in vivo study observed that MeHg induced
mitochondrial swelling in the hippocampus of MeHg-exposed F1 generation rats, and
enlarged and fused mitochondria in mice cerebral cortex [263].

Dreiem and Seegal [266] found that antioxidant Trolox significantly reduced MeHg-
induced ROS, while failing to restore mitochondrial function in rat striatal synaptosomes.
The authors revealed that MeHg increased mitochondrial calcium levels, which are funda-
mental to mitochondrial function. If mitochondria take up too much Ca2+, it delays the rise
in cytoplasmic Ca2+ [267] and the opening of the MPT pore, which may promote the release
of cytochrome c and other pro-apoptotic factors, culminating in apoptosis [268]. The modu-
latory effect of cellular calcium homeostasis by MeHg in mouse spinal motor neurons was
also found [269]. In addition, proteomic analysis revealed that many mitochondrial pro-
teins were deregulated by mercury exposure in primary mouse cerebellar granule neuron
and astrocytes [256,270], as well as in rat hippocampus [271], thus impairing mitochondrial
function associated with cellular metabolism and energy production.

3.6. Lead (Pb)

Pb is an environmentally abundant metal pollutant with human exposure mainly
through air inhalation and food and water intake. Pb is a strong toxicant for the develop-
mental CNS [272,273]. Pb intoxication in children, even at low doses, is found to impair
learning and memory and affect cognitive functions and intellectual development [274,275].
The brain is the primary target of Pb toxicity. Mitochondria play a key role in Pb-induced
impairment of nervous system function.

An in vivo study found that the activity or levels of several mitochondrial enzymes
were inhibited by Pb exposure. For example, lead acetate (PbAc) exposure in drinking
water decreased aldehyde dehydrogenase (ALDH2) expression in brain nucleus accum-
bens [276], and PbAc exposure from postnatal day 1 (PND1) through PND21 in drinking
water of the mother significantly decreased offspring activity of mitochondrial monoamine
oxidase (MAO) in all brain regions, including cerebral cortex, hippocampus, and cere-
bellum, in a dose- and age-dependent manner [277], attributed to the high affinity of
Pb for the -SH groups in enzymes, consequently damaging mitochondrial activity and
function. In addition, pre- and neonatal exposure to a low dose of Pb (Pb concentration in
whole blood < 10 μg/dL) induced synaptic ultrastructural abnormalities in mitochondria
including elongated, swollen, and shrunken changes in mitochondria [278], indicating
the mitochondrial morphological disruption induced by Pb. Mitochondria-mediated
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apoptosis has also been shown in Pb-induced neuronal death. PbAc intoxication caused
cognitive dysfunction and anxiety-like behavior, along with altered Bax/Bcl-1 expression
and increased cytochrome c release from mitochondria in rat brain [279]. In addition,
(CH3COO)2Pb exposure induced apoptosis via the mitochondrial pathway in embryonic
neurocytes isolated from chicken [280]. Similarly, the combined treatment (As+Cd+Pb) in
individual lethal concentration (LC)-5 induced a toxic effect on C6-glioma cells derived
from rat glioma, via mitochondria-mediated apoptosis, including caspase-9 activation
and Bax/Bcl-2 changes [281]. Notably, Zhu et al. found that MPT pore opening plays
an important role in Pb-induced neurotoxicity. In SH-SY5Y cells, PbAc exposure signifi-
cantly impaired mitochondrial function, evidenced by ATP decrease, MMP collapse, ROS
production, mitochondrial apoptosis, and morphology changes (swelling and rupture).
PbAc treatment significantly increased the protein level of Cyp D, a component of MPT,
and induced MPT pore opening in both PC12 and SH-SY5Y cells. Inhibitor of Cyp D
significantly reversed mitochondrial damages and cell death induced by Pb [282].

3.7. Zinc (Zn)

Zinc is an essential trace element that is required for the function of numerous enzymes
and DNA-binding transcription factors. Excess zinc influx has been manifested to play a
role in neuronal damage and death associated with traumatic brain injury, stroke, seizures,
and neurodegenerative diseases [283,284]. Mitochondria have been identified as targets of
the neurotoxic effects of zinc by reducing ATP production and increasing ROS.

Zinc exposure reduced the cellular nicotinamideademine dinucleotide (NAD+) in
cultured mouse cortical neurons, followed with a progressive loss of ATP levels and
subsequent cell death [285–287], indicating the potential inhibition of mitochondrial res-
piration enzyme. Indeed, several mitochondrial enzymes, including α-ketoglutarate de-
hydrogenase, NAD+-dependent isocitrate dehydrogenase, succinate dehydrogenase, and
cytochrome c oxidase, have been demonstrated to be inhibited by zinc exposure in liver mi-
tochondria [288,289]. Notably, by using bovine heart mitochondria, complex III, specifically
the bc 1 complex, was identified as the site of Zn2+ binding and inhibition [290,291]. ROS
generation has been found to be critical in zinc-induced neurotoxicity, demonstrated in di-
verse brain cell models [292,293]. As mitochondria are an important source of cellular ROS
production, the influx of Zn2+ through Ca2+-permeable AMPA/kainate channels also trig-
gers rapid mitochondrial depolarization, leading to prolonged production of mitochondrial
superoxide in cortical neurons [294].

In addition, several other mechanisms have been involved in the zinc-induced mi-
tochondrial dysfunction. For example, extracellular zinc application stimulates the Ras/
MEK/ERK pathway, which leads to zinc-induced mitochondrial dysfunction and conse-
quent cell death in rat neurons [295]. An immediate early transcription factor, egr-1, was
found to act downstream of ERK 1/2 to induce neuronal death after zinc exposure [296].
Furthermore, elevated intra-neuronal zinc impairs mitochondrial trafficking without al-
tering morphology, which was restored by PI3k inhibitors, suggesting the role of PI3k
activation in zinc-inhibited mitochondrial movement in neurons [295]. Apart from the
adverse effects on neurons and glia, zinc overload also critically induced ROS formation in
mitochondria and degradation of mitochondrial network in cerebral microvessels, which
were mediated through Drp-1-dependent mitochondrial fission pathway, thus contributing
to increased permeability of the BBB after cerebral ischemia.

Not only zinc overload, but also zinc defficiency, may impair neurological func-
tions [297] and cause neuronal apoptosis via an intrinsic (mitochondrial) pathway in
human neuroblastoma IMR-32 cells and primary rat cortical neurons [298]. Researchers
have identified that the transposition of phosphorylated p53 into the mitochondria medi-
ated zinc deficiency-induced mitochondrial alterations and apoptosis in neuronal precursor
cell (NT-2 cell line) [299].
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3.8. Iron (Fe)

Iron is a crucial trace metal for life and is the most abundant transition metal in the
brain. It acts as a catalytic center for multiple enzymes and supports many elementary
biological processes, including DNA synthesis and repair, oxygen transport, mitochondrial
respiration, and neurotransmitter metabolism. Oxidative stress, iron deposition, and
mitochondrial dysfunction have been considered as hallmarks of many neurodegenerative
diseases, including PD, HD, and AD [300,301], and a positive feedback loop among these
three factors seems to exist in neurological disorders.

Upregulation of cellular redox-active iron is directly related to increased ROS and
with changes in intracellular reduction potential [302,303]. In the presence of H2O2, which
is mainly produced by mitochondrial ETC, Fe2+ generates hydroxyl radicals (OH) via the
Fenton reaction. The hydroxyl radical is considered to be one of the most reactive sub-
stances in biological systems because its reaction rate is limited only by its diffusion. This
free radical can attack proteins, DNA, and lipid membranes, thus disrupting mitochondrial
function and cellular integrity, and eventually leading to oxidative stress and cell apopto-
sis [304]. Iron overload promotes the production of mitochondrial ROS in SH-SY5Y cells,
in an AMP-activated protein kinase (AMPK)-dependent manner [305], and caused ATP
production defects, mitochondrial complex I inhibition, and mitochondrial apoptosis in
primary cortical neurons [306]. In addition, mitochondria-targeted iron chelators showed
protective effects against mitochondrial oxidative damage and neuronal death, both in
rotenone-treated SH-SY5Y cells and the dopamine neurons from MPTP-intoxicated mice,
which indirectly suggested that iron accumulation in mitochondria induced mitochondrial
oxidative damages in neurons and consequent cell death [307]. Moreover, iron overload
may induce Drp-1-dependent mitochondrial fragmentation by upregulating intracellular
calcium. Lee et al. [308] found that in ferric ammonium citrate (FAC)-stimulated HT-22
hippocampal neuron cells, mitochondria were fragmentated by dephosphorylation of
Drp1 (Ser637) and apoptotic neuronal death was increased. Notably, FAC-induced iron
overload leads to intracellular calcium elevation and further activation of calcineurin,
while inhibition of Ca2+ signals related to calcineurin prevents iron overload-induced
mitochondrial fragmentation and neuronal cell death. Redox-sensitive ryanodine receptor
(RyR)-mediated Ca2+ release also was shown to underlie the iron-induced mitochondrial
fission in primary hippocampal neurons [309].

Recently, a new iron-dependent programmed cell death, namely ferroptosis, has been
found to be a main driver of many neurodegenerative diseases. It is characterized by the
accumulation of lipid peroxidation products and lethal ROS derived from iron metabolism
and can be pharmacologically inhibited by iron chelators. Although the detailed mecha-
nism by which iron overload promotes ferroptosis has yet to determined, it is reasonable
to hypothesize that iron overload may drive the generation of hydroxyl radicals, which
further react with liposomes to produce lipid peroxidation products and cause mitochon-
drial dysfunction, and eventually ferroptosis [310–312]. Although mitochondria have been
shown to be vital regulators of iron homeostasis and ferroptosis in neurodegenerative
diseases [313], more direct evidence targeting iron overload, mitochondrial dysfunction,
and ferroptosis is still required. The mitochondria are also the site for the synthesis of
iron–sulfur cluster biogenesis (ISCs) and heme prosthetic groups. There is evidence that
mitochondrial ISC assembly defects may cause iron overload and consequent negative
effects on cellular or mitochondrial function [314,315].

Therefore, iron accumulation induced by direct excessive iron exposure or secondary
to iron overload has been demonstrated to play an important role in neurological diseases,
via impairing mitochondrial function and inducing oxidative stress. Targeting chelatable
iron and the consequent ROS, especially in mitochondria, appear as possible therapeutic
options for age-related neurodegenerative conditions [316].
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3.9. Manganese (Mn)

Mn is the 12th most abundant mineral element in the earth crust, and is both nutrition-
ally essential and toxic in excess. Mn is an essential metal for normal growth, development,
and cellular homeostasis, as well as a cofactor for multiple enzymes; for example, Mn-
superoxide dismutase (Mn-SOD), pyruvate carboxylase, arginase, and glutamine synthase
(GS). Manganese preferentially accumulates in tissues rich in mitochondria [317,318], and
it is taken up by brain mitochondria via mitochondria Ca2+ uniporter [319].

Mn is known to induce mitochondrial dysfunction in the nervous system [320], in-
cluding the inhibition of the enzymes of the tricarboxylic acid (TCA) cycle in human
neuroblastoma (SK-N-SH) and astrocytoma (U87) cells [321] and a reduction in the ac-
tivities of ETC in rat primary striatal neurons [322] and in PC12 cells [323], ultimately
resulting in ATP depletion [324–326] and mitochondria-mediated apoptosis [327–329].
Notably, these mitochondrial impairments have been found to be rescued by some antioxi-
dants [324,325,330], indicating that oxidative stress is primarily involved in the mechanism
of Mn-induced mitochondrial dysfunction.

Another cause of mitochondria-mediated apoptosis induced by Mn exposure is the
induction of the MPT [331]. This process causes unrestricted proton movement across the
inner mitochondrial membrane, resulting in mitochondrial swelling, mitochondrial mem-
brane potential destruction, further production of ROS, and cellular apoptosis [324,332].

4. Conclusions

Long-term exposure to various metals, both essential and non-essential, has become
increasingly common among the public as accelerated human activities release excess
metals into the environment. Studies over the past several decades have greatly improved
understanding of the neurodegenerative diseases associated with metals exposure and
refined the molecular mechanisms of metal-induced nerve cell damage. Excessive exposure
to both essential and non-essential metals may cause neurotoxicity, but deficiency in some
essential metals, such as Zn and Fe, can also aggravate neurodegenerative diseases. As
reviewed herein, metals may play a role in some neurodegenerative diseases, including
AD, PD, HD, autism, and ALS, all of which rely on similar intracellular mechanisms,
including metal dyshomeostasis, mitochondrial dysfunction, oxidative stress, and protein
aggregation. Of all organelles, mitochondria produce the most intracellular ROS [102].
Excessive production of ROS and/or inhibition of the antioxidant system in mitochondria
may cause oxidative stress, damage the mitochondrial structure, and induce apoptosis,
which plays an important role in neurodegeneration. Upstream mechanisms of ROS
generation are nonetheless not well characterized, and additional studies are required. For
example, Nrf2 is known to be activated by methylmercury, copper, and other metals, but
other Nrf2-independent means for ROS mitigation have also been described.

To date, most studies have focused on the neurotoxic mechanisms of single metals;
however, in real life, the exposure environment of human metal exposure is complex, and
metals may interact with each other and influence their homeostasis. It is therefore impera-
tive to further explore the effects of metal mixtures in the etiology of neurological disorders.
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278. Gąssowska, M.; Baranowska-Bosiacka, I.; Moczydłowska, J.; Frontczak-Baniewicz, M.; Gewartowska, M.; Strużyńska, L.;
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Abstract: Environmental exposure to neurotoxic metals and metalloids such as arsenic, cadmium,
lead, mercury, or manganese is a global health concern affecting millions of people worldwide.
Depending on the period of exposure over a lifetime, environmental metals can alter neurodevel-
opment, neurobehavior, and cognition and cause neurodegeneration. There is increasing evidence
linking environmental exposure to metal contaminants to the etiology of neurological diseases in
early life (e.g., autism spectrum disorder) or late life (e.g., Alzheimer’s disease). The known main
molecular mechanisms of metal-induced toxicity in cells are the generation of reactive oxygen species,
the interaction with sulfhydryl chemical groups in proteins (e.g., cysteine), and the competition of
toxic metals with binding sites of essential metals (e.g., Fe, Cu, Zn). In neurons, these molecular
interactions can alter the functions of neurotransmitter receptors, the cytoskeleton and scaffolding
synaptic proteins, thereby disrupting synaptic structure and function. Loss of synaptic connectivity
may precede more drastic alterations such as neurodegeneration. In this article, we will review the
molecular mechanisms of metal-induced synaptic neurotoxicity.

Keywords: neurotoxicity; synapse; metal; arsenic; cadmium; lead; manganese; mercury

1. Introduction

Three metals, lead (Pb), mercury (Hg), and cadmium (Cd), and the metalloid arsenic
(As), have been listed among the ten chemicals of major public health concern by the World
Health Organization (WHO) [1]. As, Pb, Hg, and Cd are ranked as first, second, third,
and seventh, based on their frequency, toxicity, and potential for human exposure in the
priority list of the USA Agency for Toxic Substances and Disease Registry [2]. They all cause
neurotoxic effects [3]. Manganese (Mn) is another neurotoxic element of growing concern
in terms of environmental overexposures [4]. Sources of human environmental exposure
are diverse, from air, food, or drinking water. Environmental exposure to neurotoxic
metals is a global health problem affecting millions of people worldwide. For instance,
at least 140 million people in 50 countries have been drinking water containing As at
levels above the WHO guideline [5]. Depending on the period of exposure over a lifetime,
environmental metals affect neurodevelopment [6,7], neurobehavior [8], cognition [9], or
are involved in the etiology of neurodegenerative diseases such as Alzheimer’s (AD) and
Parkinson’s (PD) diseases [10–16]. In particular, prenatal and early childhood exposure
to environmental metals such as As, Pb, Mn, Cd, or Hg has emerged as strong candidate
etiological factors in autism spectrum disorder (ASD) [6,17]. Increased fetal and postnatal
uptake of Pb are observed in ASD cases [18]. In adults, high blood levels of As, Hg, and Cd
are associated with increased risk of AD [19,20].

The known key molecular pathways of metal-induced toxicity in cells, including
neurons, involve the production of reactive oxygen species (ROS), the interaction with
sulfhydryl chemical groups (-SH) in proteins, and the competition with binding sites of
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essential metals (e.g., Fe, Cu, Zn) [21]. Whatever the route of exposure, As, Pb, Hg, and Mn
can pass the blood–brain barrier (BBB) and reach the central nervous system (CNS) [11,22].
Cd can barely pass the BBB in adults; however, the BBB is not fully functional in the
developing brain [23]. In adults, Cd can be uptaken in the CNS directly through the
olfactory pathway and can also alter the BBB contributing to the pathogenesis of neurode-
generative diseases [24]. In neurons, metal-induced molecular damages will affect specific
neuronal functions through, for instance, interactions with synaptic vesicles, ion channels,
metabolism of neurotransmitters, intracellular signaling pathways, neurotransmitter recep-
tors, transcription machinery regulating synaptic plasticity, or through a combination of
these mechanisms [25,26].

In particular, neurotoxic effects will result in altered synaptic transmission and synap-
tic plasticity. These mechanisms of metal-induced synaptic neurotoxicity are receiving
increasing attention. Such mechanisms are consistent with new paradigms on the etiol-
ogy of major neurological disorders such as ASD, schizophrenia, or AD, suggesting that
synaptic alterations may occur early in the pathological process [27], and could involve
impairments of the cytoskeletal and mechanical integrity of synaptic structures [28–30].
This review article will focus on the molecular mechanisms of interaction of environmental
toxic metals with the synaptic structure and function. We will review the state-of-the-art
knowledge on metal interactions with neurotransmitter receptors and with cytoskeletal
and scaffolding synaptic proteins.

2. Metal Interactions with Neurotransmitter Receptors

Environmental neurotoxic metals can impair neurotransmitter receptors functions
as reviewed in two important articles in this field of research [25,26]. Neurotoxic metals
can interact with neurotransmitter receptors by a variety of mechanisms including the
modification of their gene and/or protein expression, the indirect disruption of their func-
tions following ROS production, or the direct competition with physiological ions binding
sites on the proteins. Here, we will summarize the research works studying molecular
interactions between As, Cd, Pb, Mn, and Hg with neurotransmitter receptors, such as
the ionotropic glutamate receptors (N-methyl-D-aspartate (NMDA), α-amino-3-hydroxy-
5-methyl-4-isoxazolepropionic acid (AMPA), and kainate receptors), the γ-aminobutyric
acid (GABA) receptors and the dopamine (DA) receptors.

2.1. Arsenic

Changes in glutamatergic, cholinergic, and dopaminergic systems have been linked
to As exposure, resulting in impaired synaptic transmission, as recently reviewed [22].
Arsenic exposure alters the expression of the NMDA receptor (NMDAR) in the hippocam-
pus of animal models, as evidenced in several studies. The NMDAR is a heterotetramer
typically composed of GluN1 subunits with GluN2 subunits, or of GluN1 and a mixture
of GluN2/GluN3 subunits (Figure 1) [31,32]. Subunit composition of the NMDAR varies
during development [31]. Arsenic induces complex modifications in NMDAR subunit
expression, with effects of up- or down-regulation at the receptor subunit level, depending
on the period of As-exposure during neurodevelopment. For instance, the expression
of several NMDAR subunits is downregulated at the protein level following As expo-
sure, as evidenced for GluN1 [33,34], GluN2A [34–36], and GluN2B subunits [34,36,37].
Changes are, however, complex, with concomitant up- and down-regulations following As-
exposure, e.g., GluN1 can be down-regulated while GluN2A is up-regulated [33], GluN2B
down-regulated while GluN2A is up-regulated [37], or GluN2A down-regulated while
GluN1 remains unchanged [35]. This complex picture of As effects on NMDAR subunits
expression in function of neurodevelopment stages is exemplified by the comparison of
expression at different postnatal periods. On mice exposed to As through drinking water,
Western blotting reveals a downregulation of GluN2A 15 days after birth and an upregula-
tion after 90 days, while GluN2B is down-regulated 15 days after birth but no significant
changes are observed after 90 days [36].
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A similar effect is observed for the AMPA receptor (AMPAR), As-exposure leading to
the down-regulation of a specific subunit of the AMPAR [38], such as GluA1, as observed
both at the mRNA and protein levels [34,39]. The inhibition of glutamate receptors expres-
sion alters synaptic plasticity such as long-term potentiation (LTP), learning, and memory,
and is associated with an increase in extracellular glutamate levels [36,38].

Although less investigated than glutamate receptors, changes in the expression of
other neurotransmitter receptors following As exposure are also reported. Inorganic As
decreases the mRNA expression levels of α7 nicotinic receptors in rats [40], and alters the
development of the cholinergic and dopaminergic systems [41]. Chronic exposure to As at
a high dose in mice decreases mRNA expression of DA-D2 receptors although there are no
changes in DA-D1 receptors in striatum [42].

2.2. Cadmium

Cd exposure affects glutamate, acetylcholine, GABA, and DA neurotransmitter re-
ceptors functions in the brain. Cd uptake in neurons is mediated by the NMDAR voltage-
dependent calcium channels as indicated by increased Cd influx following stimulation
with glutamate or NMDA and glycine [43] (Figure 1). It is also known that extracellular
Cd binds directly to the DRPEER sequence of the NMDA channel and inhibits currents
in a concentration-dependent manner [44] (Figure 1). The DRPEER sequence is a cluster
of charged residues and a proline located extracellularly. This sequence is unique to the
GluN1 subunit of the NMDAR and responsible for the high Ca2+ flux rate [45]. In addition,
Cd impairs the AMPAR-mediated synaptic transmission and short-term plasticity in the
rat hippocampus [46].

Cd also interacts with muscarinic acetylcholine receptors. Cd causes cell death in
primary cholinergic neurons from the basal forebrain by silencing the muscarinic receptor
M1 [47]. In a following study from the same authors, it was shown that Cd effects on
muscarinic receptors disruption were induced by oxidative stress [48].

Early studies evidenced that Cd inhibits the neuronal GABAA receptor channel
complex through a binding site that was distinct from the recognition sites for GABA and
for pharmacological agents [49]. On the other hand, Cd exposure modifies the expression
of GABAA receptors in animal studies [50]. In particular, different protein expression levels
of GABAARα5 and GABAARδ were observed in the hippocampus of mice offspring after
Cd exposure during pregnancy and lactation suggesting that GABAARα5 is more sensitive
to the environmental pollutants at puberty and young adulthood, whereas GABAARδ may
reflect the accumulation of the environmental pollutants at adulthood.

Finally, Cd neurotoxicity induces motor dysfunctions that have been related to Cd
selective effects on DA receptors. Cd exposure decreases mRNA and protein expression
of DA-D2 receptors in the striatum of rat brains, whereas levels of expression for DA-D1
receptors were unchanged [51]. Moreover, molecular docking experiments revealed that
Cd could directly bind at the competitive site of dopamine on DA-D2 receptors. This
selective inhibition of DA-D2 receptors is similar to the one described for As exposure [42].
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Figure 1. Interaction sites of environmental metal toxicants with the NMDA receptor. Cd2+ neuronal uptake is mediated
by the NMDAR following its stimulation. Similarly, Mn2+ can permeate the plasma membrane through the NMDAR. Cd
can bind directly to the DRPEER sequence in the extracellular domain (in the ABD/TMD linker) of the GluN1 subunit
and inhibit NMDA-mediated current. Pb competes with zinc to the zinc-binding site of the GluN2 subunit and alters the
receptor function. In the case of Hg, there are some indications for interactions with the cysteine -SH groups involved in the
control of NMDAR activity, although this suggestion still needs experimental evidence. In most cases, metals could induce
ROS that would interact with the –SH groups of the NMDAR. Structure of the GluN1/2B NMDAR (Protein Data Bank
accession 4PE5 [32]). Figure inspired from Hansen et al. [52].

2.3. Lead

There is a large body of evidence for the interaction of Pb with glutamatergic signaling
affecting more the hippocampus than other brain regions [25]. The adverse effects of
Pb-exposure on glutamate neurotransmission have long been identified and involve a
reversible inhibition of the NMDA-activated calcium channel current [53,54]. Pb-exposure
could block the NMDAR, preventing the influx of Ca2+ into the postsynaptic neuron, by
interaction with zinc neurophysiology [55] (Figure 1). Zinc is a physiological allosteric
inhibitor of NMDAR function [56]. The presence of Pb decreases the inhibitory effect of
Zn, suggesting that the two metals compete for binding in the zinc-binding site of the
NMDAR [57]. Since Zn binds with high affinity at a regulatory site on the GluN2A subunit,
but with lower affinity to the GluN2B subunit, this suggests a preferential sensitivity of
GluN2A NMDAR for Pb [57–59].

Pb exposure may also affect the expression of NMDAR. Pb exposure induces a de-
creased expression of the NMDAR subunit GluN2A in synapses from hippocampal neu-
rons, and an increased targeting of subunit GluN2B to dendritic spines [60]. This effect is
particularly critical during neuronal development. Chronic developmental Pb exposure
results in decreased levels of GluN2A mRNA and altered levels of GluN1 mRNA in the
hippocampus [61–63] and altered expression of GluN1 splice variants [64]. During brain
development, there is a shift of GluN2B- to GluN2A-containing NMDAR. These data sug-
gest that Pb delays the normal developmental switch of increased GluN2A incorporation
in NMDA receptors during synapse maturation [59].

Pb may prevent the expression of the NMDAR gene by substituting for zinc in the
specificity protein-1 (Sp1), a ubiquitously expressed zinc-finger transcription factor which
upregulates NMDAR transcription. Pb competition for binding in the zinc finger region of
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Sp1 could induce conformational changes that may alter the expression of NMDAR [55].
This hypothesis is based on the observation that Pb exposure alters the binding of Sp1 to
DNA, that Zn supplementation has a protective effect and that GluN1 expression globally
follows Sp1-to-DNA binding [65].

Electrophysiological studies showed that LTP induction was affected in Pb exposed
rats, and this was probably due to excitatory synaptic transmission impairment [66]. This
study has evidenced that NMDA and AMPA receptor-mediated current was inhibited, and
GluN2A and phosphorylated GluA1 expression were decreased. Moreover, morphological
changes were observed with a decline in dendritic spines density and in spine maturation
in Pb exposed rats.

The action of Pb on glutamate release, NMDAR function, and structural plasticity can
underlie perturbations in synaptic plasticity significantly affecting LTP, and contributing to
impairments in hippocampus-mediated learning and memory functions [59,67–69].

NMDA receptors are more sensitive to Pb inhibition than other glutamate channels but
Ca2+-permeable AMPAR may also be involved since Pb exposure reduces the expression
of the glutamate receptor subunit GluA2 [70]. This result was further confirmed showing
that the expression of GluA1, GluA2, GluA3, and GluA4 AMPAR subunits is decreased
by Pb exposure in cortical neurons, but with a more pronounced decrease in GluA2
expression [71]. Other results showed that GluA1 and GluA2 expressions are increased in
tetrodotoxin-Pb induced synaptic scaling [72].

Although Pb affects mainly the glutamate receptors, the consequences of Pb ex-
posure on DA or GABA systems have also been studied [25]. In the developing rat
brain, Pb-exposure can modify the aminergic system, most likely as result of decreased
monoamine oxidase (MAO) activity [73]. MAOs are important enzymes in the breakdown
of monoamines and in the regulation of monoamine neurotransmission. The expression
of MOAs is sensitive to the exposure of various metals, such as Pb [73], but also Mn [74],
Hg [13], and uranium [75]. Metal-induced MAO inhibition can thus indirectly impact the
aminergic pathways and the expression of dopamine receptors. It has been hypothesized
that Pb substitution for Zn may directly target the DA-D1- and -D2 receptors known to
contain Zn-binding sites [55]. However, the direct substitution of Zn by Pb in DA receptors
still needs to be demonstrated experimentally.

Rats exposed to low levels of Pb have reduced Ca-dependent GABA release in the
hippocampus [76]. Similarly, Pb inhibits action potential-dependent GABA release in
rat hippocampal slices, possibly through the involvement of voltage-gated calcium chan-
nels [77]. However, in other studies of Pb exposure, the GABA synaptic transmission
was normal [66].

2.4. Manganese

Mn can interfere with the dopaminergic, cholinergic, glutamatergic, and GABAergic
systems [78–80]. Mn disturbs these neurotransmitter systems through multiple mechanisms
including the direct interaction with neurotransmitter receptors. Mn is a NMDA calcium
channel blocker as evidenced in cultured neurons [81], and in different brain regions
(cerebral cortex, hippocampus, striatum, and cerebellum) on Mn exposed rats [82]. On the
other hand, Mn inhibits the mRNA and protein expression of NMDAR GluN1, GluN2A,
and GluN2B subunits in primary cultured neurons, with a larger decrease of the GluN2A
subunit compared to the two others [83]. In vivo exposure to Mn decreased the mRNA
and protein expression of GluN1 and GluN2A subunits in the striatum of mice [84], and
also decreased the protein levels and mRNA expression of NMDAR GluN1, GluN2A, and
GluN2B in the rat hippocampus [85].

However, studies in animal models of Mn-induced brain pathology have shown that
the glutamatergic system appear to be mostly unaffected by chronic Mn exposure [86,87].
Although the glutamatergic receptors might not be the primary target of Mn neurotoxicity,
they might play a role in Mn accumulation in the central nervous system. Mn can permeate
the plasma membrane through the NMDAR [72] (Figure 1). The entry of Mn into the brain
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is accelerated by the activation of NMDAR (but not AMPAR) in glutamatergic neurons [88].
Another mechanism of Mn neurotoxicity involving glutamatergic receptors is related to Mn
induced alpha-synuclein overexpression, which results in the phosphorylation and down-
regulation of the GluN2B subunit, and the consequent impaired NMDAR signaling [89].

Interactions of Mn with GABA receptors have also been investigated. Mn exposure
decreases GABAA receptor subunit protein expression in the hypothalamus from immature
female rats [90]. In vitro experiments on Mn exposed neurons revealed a suppression of
GABAA receptors and induction of GABAB receptors, leading to the accumulation of
alpha-synuclein [91]. However, similarly to the glutamatergic system, the GABAergic
system might not represent the main target of Mn neurotoxicity and more pronounced
neurotoxicity is observed towards the dopaminergic system [59,86,92].

Mn effects on DA receptors have been investigated in a variety of animal models.
In Mn-treated mice, the mRNA and protein levels expression of the DA-D2 receptor is
increased in the striatum, in a dose dependent way, while the expression of DA-D3 or
DA-D4 receptors remains unchanged [93]. In a rat experimental model of early life Mn
exposure, decreased expression of DA-D1 receptors in nucleus accumbens and dorsal
striatum, as well as increased expression of DA-D2 receptors in the prefrontal cortex, were
associated with behavioral and learning deficits [94]. In rats exposed to Mn throughout the
postnatal days, a persistent increase of DA-D2 receptors protein expression in the dorsal
striatum is found [95]. The authors suggest that early Mn exposure depresses presynaptic
dopaminergic function, reduces DA levels, causing an up-regulation of DA-D2 receptors
expression and a dysregulation of DA-associated signaling pathways. In the striatum of
mice exposed to Mn, immunohistochemical activities, protein levels, and mRNA expression
of DA-D1 receptors are decreased [84]. The interactions between DA-D1 and NMDAR are
inhibited in this animal model resulting in learning and memory dysfunction via injury
of striatum. Overall, these studies suggest that Mn exposure induces a decrease of the
DA-D1 receptors expression in the frontal cortex as well as an increase of DA-D2 receptors
expression in the striatum.

In Mn exposed welders and workers, a PET (positron emission tomography) molecular
imaging study of basal ganglia DA-D2 receptors revealed an increased binding of the
DA-D2 receptor specific antagonist [11C](N-methyl)benperidol in the substantia nigra,
compared to non-exposed workers [96]. This study confirms in humans the link observed
in animal models between Mn exposure and DA-D2 receptor increased expression.

2.5. Mercury

Hg interacts with a wide range of neuronal targets including NMDA, GABA, DA, and
acetylcholine (ACh) receptors. For example, methyl-Hg (MeHg) induced neuronal toxicity
is thought to involve glutamate-mediated excitotoxicity. Activation of NMDAR following
MeHg exposure has been reported in developing cortical neurons [97], and in the frontal
cortex of adult rats [98]. As indicated in rats, overstimulation of NMDAR following Hg
exposure may also contribute to neurotoxicity by inducing excessive dopamine release in
the striatum [99]. In hippocampal neurons, HgCl2 and thimerosal (an organomercurial
compound used as vaccine preservative) reduce NMDA-evoked currents, with higher
toxicity for HgCl2 [100]. It was proposed that Hg could interact with the cysteine -SH
groups, crucial for regulating NMDAR function, rendering the NMDAR dysfunctional
(Figure 1). This postulate, however, still needs to be confirmed experimentally.

In Purkinje and granule cells of rat cerebellar slices, MeHg alters GABAA receptor-
mediated inhibitory synaptic transmission at both presynaptic and postsynaptic sites [101].
In cultured hippocampal neurons, HgCl2 markedly and rapidly potentiates the GABAergic
currents while thimerosal works slowly and reduces GABA responses [100]. It was sug-
gested that mercurial compounds most likely interact with cysteine -SH residues at the
GABAA receptor complex, critical for its gating properties.

Hg compounds can also alter the brain dopaminergic system. Thimerosal exposure
induces a decrease in the density of striatal DA-D2 receptors in exposed rats [102]. In rats
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exposed to MeHg there is a decrease of DA-D1 receptors in both cortex and striatum, and
an increase of DA-D2 receptors in cortex [103]. Here again, the presence of –SH groups
in the DA receptors might be the target of Hg binding as shown in biochemical assays
exhibiting very stable and non-reversible binding of Hg to the DA-D2 receptor [104].

There are also evidence from animal studies for Hg to affect the global population
of ACh receptors. Hg inhibits muscarinic cholinergic ligand binding to the mACh re-
ceptor [105], and preferentially affects ACh receptor subtypes M1 and M2 levels in the
occipital cortex [106].

3. Metal-Interactions with Proteins of the Synaptic Structure

The disorganization of the synaptic cytoskeletal structure is involved in numerous
neurological dysfunctions, including neurodevelopmental disorders [107–109], and neu-
rodegenerative diseases such as AD [110,111]. Recent findings from our team suggest that
Cu and Zn physiologically interact with dendro-synaptic tubulin and F-actin to control
synapse formation and stability [112,113]. On the other hand, the Shank family of proteins,
which are important scaffold proteins involved in the post-synaptic density (PSD) struc-
ture, requires Zn to regulate their assembly [114]. As a corollary to these physiological
functions, toxic metals could bind directly to cytoskeleton and scaffold proteins (actin,
tubulin, SHANK3), possibly by competing with Cu- and/or Zn- binding sites, resulting
in the structural disorganization of synapses, thus leading to impairments in synaptic
connectivity (Figure 2).

Figure 2. Schematic representation of synaptic toxicity mechanisms by direct competition of toxic metals (M) with
physiological metal binding sites (Cu, Zn) within cytoskeletal proteins (e.g., tubulin, F-actin and/or F-actin binding
proteins), PSD scaffold proteins (e.g., SHANK), and neurotransmitter receptors (e.g., NMDAR). These metal–protein
interactions can damage the synaptic structure and lead to loss of connectivity between neurons.

Actin and tubulin are the most widely expressed cytoskeleton proteins and are in-
volved in the formation, plasticity and stability of synapses [115,116]. Dynamic poly-
merization or depolymerization of actin filaments (F-actin) serve as driving force for the
formation or retraction of dendritic spines. Microtubules are formed by the polymerization
of αβ-tubulin heterodimers and are located mainly in axons and dendrites but also in
synapses (Figure 2).

On the other hand, SHANK3 protein is a major scaffold protein involved in the multi-
protein complex assembly of the PSD. Deletions, mutations, or downregulation of SHANK3
gene are linked to ASD [117]. Zn binds to SHANK3 allowing the PSD assembly [114],
and promoting synaptogenesis [118]. Zn deficiency dysregulates the synaptic SHANK3
assembly and may contribute to ASD [119], whereas Zn supplementation could restore
neuronal functions [120,121]. Reduced fetal and postnatal uptake of Zn and increased
uptake of Pb are observed in ASD cases [18]. In vitro, the exposure to a biometal profile
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characteristic for ASD (low Zn and high Cd, Pb and Hg) resulted in the reduction of
SHANK genes expression along with a reduction of synapse density [122].

3.1. Arsenic

The administration of sodium meta-arsenite to Wistar rats results in the destabilization
of the cytoskeletal framework observed in sciatic nerves [123]. Protein analysis of the sciatic
nerves revealed changes in neurofilament-low (NF-L) protein expression together with the
hyper-phosphorylation of NF-L and microtubule-associated protein TAU proteins. Sodium
arsenite suppresses neurite outgrowth in mouse neuroblastoma cells, a mechanism induced
by the decreased mRNA levels of TAU and tubulin (TUBB5) cytoskeletal genes [124].
In NT2 postmitotic neurons, sodium arsenite exposure significantly reduces neuronal
differentiation and the expression of β-tubulin type III protein [125]. These results point
out tubulin as a target of As neurotoxicity. Information on molecular mechanisms of
toxicity are available from studies of non-neuronal systems. For example, in cultured
lung fibroblast, sodium arsenite induces a dose-dependent disassembly of microtubules by
targeting the tubulin sulfhydryl groups [126].

3.2. Cadmium

CdCl2 induces the disassembly of the cytoskeleton in a variety of cultured neuronal
cells, targeting both the actin [127], and the microtubules [128] networks. Cd induces
the destruction of microtubules and decreases acetylated tubulin levels in primary rat
cortical neurons [129]. Cd down-regulates the gene expression of microtubules dynamics
and microtubules motor-based proteins in a neuronal human cellular model [130]. Again,
information on molecular interactions with cytoskeleton proteins is available from studies
of non-neuronal systems. In cultured lung cells, Cd at concentrations similar to environ-
mental exposures (0.5–1 μM), caused significant oxidation of peptidyl cysteines of proteins
regulating actin cytoskeleton and increased filamentous actin polymerization [131].

3.3. Lead

Exposure to inorganic Pb reduces the expression of tubulin and induces the disorgani-
zation of the cytoskeleton in primary neuronal cells and neonatal brain [132]. Pb toxicity is
generally driven by its binding to sulfhydryl proteins, as shown in non-neuronal cells [21].
In porcine brain and in cultured fibroblasts, triethyl lead chloride inhibits microtubule
assembly and depolymerizes preformed microtubules by interaction with thiol groups
of the tubulin dimer [133]. Moreover, morphological studies showed that density of den-
dritic spines declined by about 20% in Pb-treated rats, the remaining spines showing an
immature form [66].

3.4. Manganese

Mn exposure induces dramatic changes in the neuronal cytoskeleton, even at sub-
cytotoxic concentrations, in dopaminergic and GABAergic neurons [134]. Environmentally
relevant concentrations of Mn impairs cytoskeletal morphology and structure in adult
neuronal stem cells by decreasing F-actin polymerization [135]. The molecular mechanisms
underlying these effects are not known.

3.5. Mercury

In neuroblastoma cells, Hg induces microtubule disruption at concentrations markedly
lower than in fibroblasts, indicating a particular sensitivity of nerve cells to Hg [136].
Inorganic Hg exposure results in reduced tubulin expression in primary neuronal cells [124].
A similar reduction in tubulin expression is observed on NT2 postmitotic neurons after
MeHg exposure [125]. Using immobilized metal affinity chromatography, thirty-eight
Hg-binding proteins have been identified in human neuroblastoma cells, among them
tubulin (both α and β subtypes), and various isoforms of actin [137]. In fish muscle, β-actin
is one of the main Hg-binding protein together with tropomyosin, a protein also required
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in the formation of actin filaments [138]. Tubulin sulfhydryl groups have been proposed
as the target of Hg toxicity [139]. In vitro exposure of primary cultures of rats to MeHg
resulted in neuronal network fragmentation and microtubule depolymerization detected as
early as within 1.5 h of MeHg exposure, long before the occurrence of nuclear condensation
(6–9 h) [140]. In cortical neurons, Hg exposure compromises the cytoskeleton components,
mainly the β-tubulin [141].

More generally, the mechanism of metal induced damage to cytoskeleton proteins
may apply not only to neurons but also to other brain cells such as astrocytes. For example,
Hg and Mn exposure result in cell swelling in cultured astrocytes, a morphological change
also found in AD [142,143]. Mn, Cd, or Hg exposure can alter the cytoskeletal structure
of neural stem cells during their differentiation into astrocytes [129,144]. Since astrocytes
play an active role in the synaptic organization as conceptualized in the model of the
tripartite synapse [145], metal-induced disorganization of the astrocytic cytoskeleton could
participate to the impairment of synaptic functions.

4. Conclusions

Neurotoxic environmental metals could directly alter synaptic structure by disrupt-
ing the cytoskeleton organization (e.g., F-actin, microtubules), or scaffolding proteins in
the postsynaptic compartment (e.g., SHANK3), or indirectly by modifying the levels of
expression of neurotransmitters receptors (e.g., glutamate, DA, GABA and ACh receptors)
themselves involved in the regulation of synaptic plasticity.

These structural impairments could be due to metal-induced production of ROS,
generally targeting sulfhydryl (-SH) groups of proteins involved in synaptic structure.
Sulfhydryl groups in neurotransmitter receptors and in cytoskeleton proteins are also
potential sites of direct metal interactions. In addition, competition of toxic metal with es-
sential metal (Cu, Zn) binding-sites in synaptic proteins (e.g., NMDAR, tubulin, SHANK3)
might also be important molecular targets of metals neurotoxicity.

Overall, these effects would cause the disorganization of the synaptic structure, result-
ing in synaptic impairments, loss of synaptic connectivity and neurological dysfunctions.
This mechanism may apply to a wide variety of neurological disorders, including neu-
rodegenerative diseases such as AD, or developmental disorders (e.g., ASD). The loss
of dendritic spines directly correlates with the loss of synaptic function. In AD, early
synaptic degeneration could ultimately cause neuronal degeneration through erroneous
converting signals derived from structural synaptic changes into the program of cell
cycle activation [146].

The extrapolation of data from the literature, in terms of exposure levels, to study
molecular mechanisms in cellular and animal models remains complex because the metal
concentrations used are often high, although most of the recent data tend to take into
account low exposure levels representing environmental exposures. Many questions
remain to be solved, such as what are the threshold exposure concentrations showing
neurotoxic effects which will depend on each element, its speciation, route and duration of
exposure, the combined effects between neurotoxic contaminants, and especially according
to the age of the exposed individuals, the periods of neurodevelopment being sensitive to
lower metal concentrations than in adults.

A better understanding of the molecular mechanisms involved in cognitive dysfunc-
tions associated with exposure to environmental metals will allow for devising novel
prevention strategies, e.g., using supplementation with essential metals (Cu, Zn), when
metallic exposure is difficult to prevent. In this respect, the restoration of balanced Cu and
Zn homeostasis would be determinant to protect neurons. Organic Cu complexes have
been proposed for the therapeutic redistribution of Cu in AD [147], and Zn therapy for the
treatment of early AD [148]. Zinc supplementation could also restore neuronal functions in
ASD [120,121].

In conclusion, there is robust evidence for toxic effects of metals towards neurotrans-
mitter receptors, synaptic cytoskeleton, and scaffolding proteins suggesting that synapses
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could be the early targets of environmental metals toxicity. Nevertheless, the precise de-
scription of the molecular mechanisms of synaptic toxicity still remains largely unknown
and their elucidation will allow the designing of adapted prevention strategies to treat or
slow down the progression of devastating neurological diseases such as ASD and AD.
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Abstract: Manganese (Mn) is an essential metal with a biphasic relationship with health outcomes.
High-level exposure to Mn is associated with manganism, but few data explore the effects of chronic,
lower-level Mn on cognitive function in adults. We sought to determine the relationship between
blood/urinary manganese levels and cognitive function in elderly individuals using 2011–2014 data
from the National Health and Nutrition Examination Survey (NHANES). Weighted multivariate
regression models were used to determine correlations, adjusting for several covariates. Blood
Mn was inversely associated with the Consortium to Establish a Registry for Alzheimer’s Disease
(CERAD) immediate learning of new verbal information (p-value = 0.04), but lost significance after
adjusting for medical history (p-value = 0.09). In addition, blood Mn was inversely associated
with Animal Fluency scores after adjusting for all covariates. Urinary Mn was inversely associated
with CERAD immediate learning after adjusting for all covariates (p-value = 0.01) and inversely
associated with the Digit Symbol Substitution Test scores (p-value = 0.0002), but lost significance after
adjusting for medical history (p-value = 0.13). Upon stratifying by race/ethnicity, other Races and
Non-Hispanic (NH)-Blacks had significantly higher blood Mn levels when compared to NH-Whites.
Collectively, these findings suggest that increased blood and urinary Mn levels are associated with
poorer cognitive function in an elderly US population.

Keywords: manganese; neurotoxicity; environmental exposure; cognitive function; race; ethnicity;
Alzheimer’s disease; CERAD; animal fluency; DSST

1. Introduction

Manganese (Mn) is a trace metal with various essential functions in the human body
and plays a vital role in the metabolism of glucose and lipids and the synthesis of various
proteins [1]. Mn also plays a protective role against oxidative stress; it is a critical component
of Mn superoxide dismutase (MnSOD), a reactive oxygen species scavenging enzyme [1].
Furthermore, Mn has been previously linked to sex-related metabolic differences and
is essential in reproduction [2]. While there is an average of 0.012 g of Mn in a 70 kg
human body, high-level Mn exposure has been linked to neurotoxicity despite the critical
functions it plays [3,4]. Acute, high exposure to Mn has been demonstrated to result
in manganism, which is clinically manifested as slow and clumsy movements, tremors,
difficulty in walking, and facial muscle spasms [5]. Alternatively, chronic exposure has
been linked to an extrapyramidal syndrome similar to Parkinson’s disease (PD) [5,6].

Epidemiological studies indicate a possible association between environmental ex-
posure to Mn and cognitive function. It is suggested that the main exposure to Mn is
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occupational, where it is often inhaled by welders in the construction and agricultural
industries [6]. Flynn and Susi found that occupational exposure to Mn is highly corre-
lated to manganism across multiple studies [7]. A cross-sectional study conducted among
foundry workers found that more chronic levels of metals such as aluminum, lead, and Mn
were correlated with lower levels of cognition and higher stress levels [8]. Additionally,
increased blood Mn levels have been associated with decreased cognitive function, as
defined by the Auditory Verbal Learning Test in ferroalloy workers [9]. Pathologically,
welders with increased chronic Mn exposure have been found to have decreased neural
activation when compared to healthy controls, which also correlated with lower executive
function, as defined by sorting and word-color tests [10].

Several studies have also highlighted associations between chronic environmental
exposure to Mn and cognitive function in the general population. Some alternative routes
of exposure to Mn may include contaminated water and diet [11,12]. The Environmental
Protection Agency (EPA) has set a regulatory standard of 0.05 mg/L in drinking water,
while the World Health Organization’s (WHO) standard is 0.08 mg/L [13]. While the WHO
standard was set based on the tolerable daily intake for infants, it can be generalized to the
whole population, as infants represent the most susceptible subgroup [14]. Nevertheless,
experts estimate that over 100 million people remain at risk for Mn toxicity worldwide.
This risk is understated as most individuals are also at risk for co-exposure to heavy metals
including Pb and As in drinking water [15]. A systemic review conducted by Zoni and
Lucchini evaluated data from five countries and found six out of ten articles suggesting
adverse effects of Mn on cognitive function, as defined by cognitive, motor, or behavioral
changes [16]. Computer modeling data of measured air monitoring paired with cognitive
testing suggests chronic environmental exposure to Mn found in the air may result in
cognitive deficits in adults [17]. These findings have been validated by a recent study that
found an association between high Mn emission and cognitive dysfunction in residential
communities in South Africa [18].

The effects of Mn on developmental stages in children have also been widely reported.
A cross-sectional study in Brazil found negative associations between Mn hair levels and
cognitive performance in children and caregivers as measured by Full-Scale IQ and Raven’s
Progressive Matrix, respectively [19]. The Mn concentrations observed in this population
were considered above average; nevertheless, a different study based in Canada found
similar results with lower concentrations. Bouchard and co-workers found significant
positive associations between Mn hair levels and hyperactive and oppositional behavior in
children exposed to naturally high Mn levels in tap water [20]. Alternatively, Mn levels
have been found to have a biphasic effect, where prenatal Mn is beneficial for adolescent
cognition but has toxic effects at later time windows [21,22]. While these examples suggest
an association between Mn exposure and cognitive function in adults and children, few
data explore the effects of lower-level Mn on cognitive function in elderly individuals.

This study investigated possible associations between Mn exposure and cognitive
function using a representative U.S. elderly population obtained from the National Health
and Examination Survey (NHANES). NHANES uses a complex sampling design and
over samples persons 60 and older, as well as minority groups, to obtain an accurate
representation of the United States population. Covariates such as race/ethnicity are
important to consider as research suggests disadvantages in education and socioeconomic
status across groups may influence cognitive function [23,24]. These same factors may
increase one’s risk of exposure to other toxicants that may exacerbate the effects of Mn
exposure. We used exposure biomarkers for Mn, including blood and urine, obtained from
NHANES 2011–2012 and 2013–2014 cycles to conduct linear regression analyses, adjusting
for several covariates to determine their relationship to cognitive function.
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2. Materials and Methods

2.1. Study Deseign and Data Sources

A cross-sectional study design was used to assess the effects of Mn exposure on
cognitive function. The data were obtained from NHANES, a program for the National
Center for Health Statistics (NCHS), a division of the Center for Disease Control and
Prevention (CDC). NHANES is designed to assess the health and nutritional status of
different populations across the United States by collecting data through a combination of
health interviews and physical examinations. The health interviews include demographic,
socioeconomic, and health-related questions, while the physical examinations include
cognitive and physiological measurements performed by medical professionals. Two
study samples for blood and urine were used of 2068 and 950 participants, respectively.
Participants were selected using a complex, multistage probability design with appropriate
weights to obtain a representative sample of the US population. Data from the 2011–2012
and 2013–2014 cycles were merged to conduct the analyses. The inclusion criteria consisted
of individuals 60 years of age or older living in the US who had completed the Consortium
to Establish a Registry for Alzheimer’s Disease (CERAD), Animal Fluency and Digital
Symbol Substitution Test (DSST) test scores and also had measurements of blood and urine
Mn levels.

2.2. Cognitive Function Assessments

Measurements of cognitive function were collected through at-home patient interviews
using three different tests of cognitive performance: (1) word learning and recall modules
from the CERAD, (2) the Animal Fluency test, and (3) the DSST. The CERAD assessed
immediate and delayed learning ability for new verbal information [25]. It consisted
of three learning trials and a delayed recall. Participants were instructed to read aloud
10 unrelated words and were immediately asked to recall as many words as possible. The
order of the 10 words was changed in each trial. The delayed recall was assessed after
the Animal Fluency and DSST tests were finished and about 8–10 min after the start of
the CERAD’s learning trials. The final results included two scores—one for immediate
word learning and another for delayed recall. The Animal Fluency test assessed categorical
verbal fluency [26]. Participants were asked to name as many animals as possible in one
minute, and a point was given for each animal named. The DSST assessed processing
speed, sustained attention, and working memory [27]. Participants were asked to fill out a
form that had a key with nine numbers paired with symbols. Participants were given two
minutes to copy the corresponding symbols, and a point was given for each correct match.
While higher test scores indicate better cognitive performance, these tests were not meant
to replace a medical diagnosis but to examine the association of cognitive function with
Mn exposure.

2.3. Manganese Exposure Assessments

Single blood and urine samples used for analysis were collected at mobile examination
centers (MECs) and shipped to the CDC’s Division of Laboratory Sciences in Atlanta,
Georgia, for analysis. Once in the lab, manganese concentrations were determined using
inductively coupled plasma mass spectrometry, and the resulting electrical signals were
used to determine the concentration of the element [28]. The lower detection limit for blood
Mn was 0.99 μg/L, and a fill value was used in the cases where the result was below the
limit of detection; this value was the lower limit of detection divided by the square root
of 2. The limit of detection for urinary Mn was 0.13 μg/L, and, likewise, a fill value was
used in the cases where the result was below the limit of detection; this value was the lower
limit of detection divided by the square root of 2.

2.4. Covariates

Multiple covariates were included in the analysis to rule out any possible confounding
factors or variables related to cognitive function or Mn exposure. These variables include
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age (60–64, 65–69, 70–74, 75–79, and 80 and older), gender (male and female), race/ethnicity
(Hispanic, Non-Hispanic White, Non-Hispanic and Other Race), level of education (<high
school, high school, >high school), poverty index ratio (PIR), marital status (Married/Living
with a partner, Widowed/Divorced/Separated and Never Married), alcohol consumption
(<12 drinks per year and >12 drinks per year), hypertension (yes and no), diabetes (yes and
no), coronary heart disease (yes and no) and stroke (yes and no).

2.5. Statistical Analysis

SAS/STATv14.2 was used for statistical analyses. NHANES data includes sampling
weights incorporated into the analyses to adjust for possible biases such as unequal distri-
bution poststratification and nonresponse. A new sampling weight was constructed for
the merged 2011–2012 and 2013–2014 data cycles, following the publicly available protocol
on the CDC’s website (CDC, 2021). The measurements of cognitive function are subject to
floor and ceiling effects due to the wide range in function among the elderly population [1].
A composite cognitive z-score was created by averaging the standardized measurements of
cognitive function to control for these effects, and the Kolmogorov–Smirnov test was used
to assess normality. Stratified analyses between measurements of cognitive function were
used to determine differences between tests. A descriptive analysis was performed to de-
termine the distributions of demographic characteristics for individuals who completed all
cognitive function tests. Univariate linear regression analyses were conducted to determine
associations between the composite outcome z-score and individual covariates. Linear
regression models were used to assess the relationship between Mn and the composite
outcome z-score while adjusting for covariates. Any individuals with missing data were
excluded from the respective models. Results were considered statistically significant at an
alpha level of 0.05 and reported per 10 unit change in Mn level.

3. Results

Blood and urinary Mn data were analyzed as two separate cohorts to increase power.
From the blood Mn cohort, 2068 participants had available data on cognitive function
out of 3110 participants evaluated. These participants were on average 69.1 years of
age. There were 1011 males and 1057 females in the cohort (46% vs. 54%, respectively).
The composite outcome z-score was approximately normally distributed based on the
Kolmogorov–Smirnov test (p-value = 0.1273), had a minimum and maximum of −2.5 and
2.5, respectively, and had a mean of 0.24. The average concentration of blood Mn levels was
9.4 μg/L per participant; about 22% of participants fell below the limit of detection. Table 1
depicts the demographic composition of the participants who had data on all four tests of
cognitive function as well as a blood Mn measurement. Covariates including gender, age,
race/ethnicity, education, PIR, marital status, alcohol consumption, hypertension, diabetes,
coronary artery disease, and stroke were all significantly associated with the composite
outcome z-score (Table S1). Univariate analyses suggested the need for their adjustment in
the regression models.

Upon stratification of cognitive function by cognitive task, a 10 unit increase in blood
Mn was associated with a 0.2-point decrease in CERAD (immediate) in model 2, adjusted
for gender, age, race/ethnicity, PIR, and marital status (β = −0.2, 95% CI −0.3 to −0.01)
(Table 2). This association was no longer significant in models 3 and 4 after adjusting for
alcohol consumption and comorbidities (Table 2). A 10 unit increase in blood Mn was
also associated with a 0.8-point decrease in AF scores in all models, after adjusting for
all covariates (β = −0.8, 95% CI −1.4 to −0.1) (Table 3). Blood Mn was not significantly
associated with CERAD (delayed) or DSST scores (Tables S2 and S3). Blood Mn was not
significantly associated with composite outcome z-score in unadjusted or adjusted linear
regression models (Table S4).
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Table 1. Characteristics of the Mn-Blood study population (n = 2068).

Variables N
Weighted
Sample

(%) * Variables N
Weighted
Sample

Mean (SE)
Median
(IQR)

Gender

Male 1011 1,7508,127 46 Age (year) 2068 38,452,145 69.1 (0.24) 67.7 (11)

Female 1057 20,944,017 54 Blood Mn
(μg/L) 2068 38,452,145 9.4 (0.08) 8.8 (3.8)

Race/Ethnicity CERAD
learning 2068 38,452,145 6.5 (0.1) 6.5 (2)

Hispanic 385 2,618,094 7 CERAD
recall 2068 38,452,145 6.1 (0.1) 5.8 (3.2)

NH White 988 30,935,957 80 Animal
Fluency 2068 38,452,145 18 (0.2) 17 (7.5)

NH Black 491 2,980,219 8 DSST 2068 38,452,145 52 (0.7) 53 (24)

Other Race 204 1,917,874 5 z-score 2068 38,452,145 0.24 (0.04) 0.28 (1.1)

Education

<High School 531 6,133,440 16

High School 490 8,783,404 23

>High School 1046 23,530,632 61

Missing 1

PIR

≤0.99 333 3,298,332 9

≥1 1550 32,672,780 91

Missing 185

Marital Status

Married/Living with partner 1201 25,353,317 69

Widowed/Divorced/Separated 742 11,403,761 31

Missing 125

Alcohol Consumption

>12 drinks/year 1397 27,847,784 73

<12 drinks/year 640 10,098,855 27

Missing 31

HTN

Yes 1262 21,869,127 57

No 804 16,514,849 43

Missing 2

DM

Yes 472 7,293,920 20

No 1508 29,747,613 80

Missing 88

CAD

Yes 172 3,086,811 8

No 1886 35,263,550 92

Missing 10

Stroke

Yes 138 2,341,705 6

No 1926 36,057,144 94

Missing 4

* Weighted percentage, mean, SE, median, and IQR. CERAD, Consortium to Establish a Registry for Alzheimer’s Disease;
DSST, Digital Symbol Substitution Test; HTN, hypertension; DM, diabetes mellitus; CAD, coronary artery disease.
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Table 2. Mn-Blood levels (continuous) in relation to CERAD (immediate).

Model 1 (n = 2068) * Model 2 (n = 1772) † Model 3 (n = 1744) ‡ Model 4 (n = 1650) §

Variables β (95% CI) ¶ p-Value β (95% CI) ¶ p-Value β (95% CI) ¶ p-Value β (95% CI) ¶ p-Value

Mn −0.03 (−0.2
to 0.2) 0.714 −0.2 (−0.3 to

−0.01) 0.04 −0.2 (−0.3 to
0.01) 0.07 −0.2 (−0.3 to

0.03) 0.09

Gender

Male referent referent referent referent referent referent

Female 6 (4 to 7) <0.0001 6 (4 to 8) <0.0001 6 (4 to 8) <0.0001

Age (year) −0.8 (−0.9 to
−0.7) <0.0001 −0.8 (−0.9 to

−0.6) <0.0001 −0.8 (−0.9 to
−0.6) <0.0001

Race/Ethnicity

NH White referent referent referent referent referent referent

Hispanic −5 (−8 to
−2) 0.005 −4 (−8 to

−1) 0.01 −4 (−8 to
−1) 0.01

NH Black −2 (−4 to 1) 0.18 −1 (−4 to 1) 0.31 −0.5 (−3 to
2) 0.65

Other Race −2 (−5 to 1) 0.21 −2 (−5 to 1) 0.23 −1 (−4 to 2) 0.32

Education

>High School referent referent referent referent referent referent

High School −4 (−6 to
−2) 0.0004 −4 (−6 to

−2) 0.001 −4 (−6 to
−2) 0.001

<High School −6 (−10 to
−2) 0.004 −6 (−10 to

−2) 0.01 −5 (−10 to
−1) 0.01

PIR

≤0.99 referent referent referent referent referent referent

≥1 5 (3 to 7) <0.0001 5 (3 to 7) <0.0001 5 (3 to 7) <0.0001

Marital Status

Married/Living with
partner referent referent referent referent referent referent

Widowed/Divorced/
Separated −1 (−4 to 1) 0.31 −1 (−4 to 1) 0.34 0.8 (−3 to 2) 0.48

Alcohol
Consumption

<12 drinks/year referent referent referent referent

>12 drinks/year 1 (−1 to 4) 0.17 1 (−1 to 4) 0.19

HTN

No referent referent

Yes −1 (−3 to 1) 0.33

DM

No referent referent

Yes −2 (−4 to
−1) 0.002

Stroke

No referent referent

Yes −0.1 (−3 to
3) 0.97

CAD

No referent referent

Yes −2 (−6 to 3) 0.43

* Unadjusted. † Adjusted for age, gender, ethnicity, education, PIR, and marital status. ‡ Adjusted for age, gender,
ethnicity, education, PIR, marital status, and alcohol consumption. § Adjusted for age, gender, ethnicity, education,
PIR, marital status, alcohol consumption, HTN, DM, stroke, and CAD. ¶ Weighted β and 95% Confidence Interval.
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Table 3. Mn-Blood levels (continuous) in relation to AF.

Model 1 (n = 2068) * Model 2 (n = 1772) † Model 3 (n = 1744) ‡ Model 4 (n = 1650) §

Variables β (95% CI) ¶ p-Value β (95% CI) ¶ p-Value β (95% CI) ¶ p-Value β (95% CI) ¶ p-Value

Mn 0.4 ( −1 to 0.2) 0.21 −0.8 (−1 to −0.1) 0.02 −0.7 (−1 to −0.1) 0.02 −0.8 (−1 to −0.1) 0.03

Gender

Male referent referent referent referent referent referent

Female −0.5 (−9 to 8) 0.91 0.9 (−8 to 10) 0.83 2 (−7 to 10) 0.64

Age (year) −3 (−3 to −2) <0.0001 −3 (−3 to −2) <0.0001 −2 (−3 to −2) <0.0001

Race/Ethnicity

NH White referent referent referent referent referent referent

Hispanic −23 (−30 to −20) <0.0001 −23 (−30 to −20) <0.0001 −23 (−30 to −20) <0.0001

NH Black −33 (−40 to −30) <0.0001 −32 (−40 to −20) <0.0001 −31 (−40 to −20) <0.0001

Other Race −24 (−30 to −10) 0.0005 −23 (−40 to −10) 0.0007 −21 (−30 to −10) 0.003

Education

>High School referent referent referent referent referent referent

High School −29 (−40 to −20) <0.0001 −28 (−40 to −20) <0.0001 −28 (−40 to −20) <0.0001

<High School −33 (−40 to −30) <0.0001 −32 (−40 to −30) <0.0001 −31 (−40 to −20) <0.0001

PIR

≤0.99 referent referent referent referent referent referent

≥1 12 (2 to 20) 0.02 11 (2 to 20) 0.02 11 (1 to 20) 0.03

Marital Status

Married/Living with
partner referent referent referent referent referent referent

Widowed/Divorced/
Separated −0.4 (−9 to 8) 0.93 −0.7 (−10 to 8) 0.88 −1 (−10 to 8) 0.82

Alcohol Consumption

<12 drinks/year referent referent referent referent

>12 drinks/year 7 (0.8 to 10) 0.03 7 (0.8 to 10) 0.03

HTN

No referent referent

Yes −6 (−10 to 0.2) 0.06

DM

No referent referent

Yes −8 (−10 to −1) 0.03

Stroke

No referent referent

Yes −6 (−20 to 5) 0.27

CAD

No referent referent

Yes −9 (−20 to 4) 0.16

* Unadjusted. † Adjusted for age, gender, ethnicity, education, PIR, and marital status. ‡ Adjusted for age,
gender, ethnicity, education, PIR, marital status, and alcohol consumption. § Adjusted for age, gender, ethnicity,
education, PIR, marital status, alcohol consumption, HTN, DM, stroke, and CAD. ¶ Weighted β and 95%
Confidence Interval.

From the urinary Mn cohort, 950 participants had available data on cognitive function
out of 3110 participants evaluated. These participants were on average 69.3 years of age.
There were 464 males and 486 females in the cohort (46% vs. 54%, respectively). The
average concentration of urinary Mn levels was 0.19 μg/L per participant; about 64%
of participants fell below the limit of detection. The high percentage of measurements
in the urine cohort explains why the average concentration was so close to the limit of
detection. This may further be explained by the fact that more than 90% of Mn is excreted
into feces [29,30]. Table 4 depicts the demographic composition of the participants who had
data on all four tests of cognitive function as well as a blood Mn measurement. Similar to
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the blood Mn cohort, all covariates in the urinary Mn cohort were significantly associated
with the composite z-score and, therefore, adjusted for in the models (Table S5).

Upon stratification of cognitive task, a 10 unit increase in urinary Mn was associated
with a 2.4-point decrease in CERAD (immediate) after adjusting for all covariates in model 4
(β = −2.4, 95% CI −4.1 to −0.7) (Table 5). A 10 unit increase in urinary Mn was also
associated with a 30-point decrease in DSST scores in models 1 to 3 (β = −30, 95% CI −40
to −10); however, significance diminished when adjusting for all covariates in model 4
(Table 6). Urinary Mn was not significantly associated with CERAD (delayed) or AF
scores (Tables S6 and S7). Urinary Mn was also not significantly associated with composite
outcome z-score in unadjusted or adjusted linear regression models (Table S8).

Univariate analyses between all covariates and z-score showed that race/ethnicity had
the most substantial effect on cognitive function (Tables S1 and S5). To further investigate
this, the mean blood and urinary Mn levels were compared across each race/ethnicity.
Figure 1 shows Other Races had significantly higher blood Mn levels when compared
to NH-Whites, while it was significantly lower in NH-Blacks. Hispanics did not have
significant differences in mean blood Mn levels compared to NH-Whites (Figure 1). These
racial and ethnic differences are similar to those previously found and may be explained by
dietary differences [2]. Consumption of tea, which has a considerable amount of Mn, is
believed to play a significant role in Mn intake [31]. Additionally, there were no significant
differences observed in mean urinary Mn levels across all four groups (Figure 2).

Lastly, linear regression analysis showed no significant associations between blood
Mn levels and urinary Mn levels in unadjusted and adjusted models (Table S9).

Table 4. Characteristics of the Mn-Urine study population (n = 950).

Variables N
Weighted
Sample

(%) * Variables N
Weighted
Sample

Mean (SE)
Median
(IQR)

Gender

Male 464 7,702,844 46 Age (year) 950 16,795,626 69.3 (0.3) 67.9
(10.7)

Female 486 9,092,783 54 Urinary
Mn (μg/L) 950 16,795,626 0.19 (0.03) 0.09

(0.07)

Race/Ethnicity CERAD
learning 950 16,795,626 6.6 (0.01) 6.6 (2.1)

Hispanic 176 1,216,571 7 CERAD
recall 950 16,795,626 6.3 (0.1) 6.1 (3.3)

NH White 451 13,351,140 79 Animal
Fluency 950 16,795,626 18 (0.3) 16 (8)

NH Black 225 1,438,019 9 DSST 950 16,795,626 52 (0.8) 51 (25)

Other Race 98 789,895 5 z-score 950 16,795,626 0.23 (0.04) 0.29 (1.1)

Education

<High School 259 2,847,794 17

High School 209 3,422,549 20

>High School 480 10,513,695 63

Missing 2

PIR

≤0.99 166 1,539,528 10

≥1 693 13,934,209 90

Missing 91
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Table 4. Cont.

Variables N
Weighted
Sample

(%) * Variables N
Weighted
Sample

Mean (SE)
Median
(IQR)

Marital Status

Married/Living with partner 557 10,964,908 65

Widowed/Divorced/Separated 336 5,008,167 30

Never married 55 810,401 5

Missing 2

Alcohol Consumption

>12 drinks/year 644 12,105,591 73

<12 drinks/year 288 4,409,341 27

Missing 18

HTN

Yes 589 96,29,710 57

No 361 7,165,916 43

DM

Yes 214 3,081,562 19

No 694 12,955,019 81

Missing 42

CAD

Yes 76 1,380,980 8

No 869 15,348,084 92

Missing 5

Stroke

Yes 49 760,890 5

No 900 16,002,161 95

Missing 1

* Weighted percentage, mean, SE, median, and IQR. CERAD, Consortium to Establish a Registry for Alzheimer’s
Disease; DSST, Digital Symbol Substitution Test; HTN, hypertension; DM, diabetes mellitus; CAD, coronary artery
disease.

Table 5. Mn-Urine levels (continuous) in relation to CERAD (immediate).

Model 1 (n = 2068) * Model 2 (n = 1772) † Model 3 (n = 1744) ‡ Model 4 (n = 1650) §

Variables β (95% CI) ¶ p-Value β (95% CI) ¶ p-Value β (95% CI) ¶ p-Value β (95% CI) ¶ p-Value

Mn −0.7 (−2 to
0.2) 0.16 −1 (−2 to 0.3) 0.12 −1 (−2 to 0.2) 0.09 −2 (−4 to −0.7) 0.01

Gender

Male referent referent referent referent referent referent

Female 7 (5 to 9) <0.0001 7 (5 to 9) <0.0001 7 (5 to 9) <0.0001

Age (year) −0.8 (−1 to −0.6) <0.0001 −0.8 (−1 to −0.5) <0.0001 −0.7 (−1 to −0.5) <0.0001

Race/Ethnicity

NH White referent referent referent referent referent referent

Hispanic −7 (−10 to −4) <0.0001 −7 (−10 to −4) <0.0001 −6 (−10 to −4) 0.0001

NH Black 0.2 (−2 to 3) 0.89 0.5 (−2 to 3) 0.67 0.7 (−2 to 4) 0.6

Other Race −5 (−10 to 1) 0.1 −4 (−10 to 11) 0.12 −4 (−10 to 1) 0.13
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Table 5. Cont.

Model 1 (n = 2068) * Model 2 (n = 1772) † Model 3 (n = 1744) ‡ Model 4 (n = 1650) §

Variables β (95% CI) ¶ p-Value β (95% CI) ¶ p-Value β (95% CI) ¶ p-Value β (95% CI) ¶ p-Value

Education

>High School referent referent referent referent referent referent

High School −4 (−10 to −4) 0.0003 −4 (−6 to −2) 0.001 −3 (−6 to −1) 0.003

<High School −7 (−10 to −4) 0.0002 −7 (−10 to 3) 0.0004 −6 (−10 to −3) 0.001

PIR

≤0.99 referent referent referent referent referent referent

≥1 1 (−2 to 5) 0.4 1 (−2 to −5) 0.51 0.9 (−3 to 5) 0.59

Marital Status

Married/Living with
partner referent referent referent referent referent referent

Widowed/Divorced/
Separated −2 (−5 to 0.6) 0.12 −2 (−5 to 0.5) 0.11 −2 (−5 to 0.6) 0.13

Alcohol Consumption

<12 drinks/year referent referent referent referent

>12 drinks/year 2 (−1 to 5) 0.19 2 (−1 to 5) 0.24

HTN

No referent referent

Yes −2 (−5 to 0.5) 0.1

DM

No referent referent

Yes −1 (−4 to 1) 0.27

Stroke

No referent referent

Yes −3 (−7 to 2) 0.27

CAD

No referent referent

Yes 0.3 (−6 to 7) 0.93

* Unadjusted. † Adjusted for age, gender, ethnicity, education, PIR, and marital status. ‡ Adjusted for age, gender,
ethnicity, education, PIR, marital status, and alcohol consumption. § Adjusted for age, gender, ethnicity, education,
PIR, marital status, alcohol consumption, HTN, DM, stroke, and CAD. ¶ Weighted β and 95% Confidence Interval.

Table 6. Mn-Urine levels (continuous) in relation to DSST.

Model 1 (n = 2068) * Model 2 (n = 1772) † Model 3 (n = 1744) ‡ Model 4 (n = 1650) §

Variables β (95% CI) ¶ p-Value β (95% CI) ¶ p-Value β (95% CI) ¶ p-Value β (95% CI) ¶ p-Value

Mn −20 (−40 to
−10) 0.003 −30 (−40 to −10) 0.002 −30 (−40 to −10) 0.0002 −30 (−70 to 10) 0.13

Gender

Male referent referent referent referent referent referent

Female 70 (40 to 100) <0.0001 80 (50 to 100) <0.0001 70 (50 to 100) <0.0001

Age (year) −10 (−12 to −9) <0.0001 −10 (−12 to −9) <0.0001 −10 (−2 to −9) <0.0001

Race/Ethnicity

NH White referent referent referent referent referent referent

Hispanic −120 (−150 to
−90) <0.0001 −120 (−150 to

−90) <0.0001 −120 (−150 to
−90) <0.0001

NH Black −110 (−130 to
−80) <0.0001 −100 (−120 to

−80) <0.0001 −100 (−130 to
−70) <0.0001

Other Race −20 (−60 to 20) 0.29 −10 (−50 to 20) 0.45 −20 (−60 to 20) 0.38
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Table 6. Cont.

Model 1 (n = 2068) * Model 2 (n = 1772) † Model 3 (n = 1744) ‡ Model 4 (n = 1650) §

Variables β (95% CI) ¶ p-Value β (95% CI) ¶ p-Value β (95% CI) ¶ p-Value β (95% CI) ¶ p-Value

Education

>High School referent referent referent referent referent referent

High School −80 (−110 to −40) <0.0001 −70 (−110 to −40) 0.0003 −60 (−100 to −80) 0.002

<High School −130 (−160 to
−100) <0.0001 −120 (−150 to

−90) <0.0001 −110 (−140 to
−80) <0.0001

PIR

≤0.99 referent referent referent referent referent referent

≥1 80 (40 to 110) <0.0001 70 (40 to 110) 0.0002 70 (40 to 110) 0.0002

Marital Status

Married/Living with
partner referent referent referent referent referent referent

Widowed/Divorced/Separated −20 (−50 to 10) 0.09 −30 (−50 to 10) 0.06 −30 (−60 to 10) 0.04

Alcohol Consumption

<12 drinks/year referent referent referent referent

>12 drinks/year 40 (10 to 70) 0.01 30 (10 to 60) 0.03

HTN

No referent referent

Yes −2 (−30 to 20) 0.88

DM

No referent referent

Yes −60 (−100 to −30) 0.0003

Stroke

No referent referent

Yes −20 (−70 to 40) 0.5

CAD

No referent referent

Yes −50 (−100 to 10) 0.1

* Unadjusted. † Adjusted for age, gender, ethnicity, education, PIR, and marital status. ‡ Adjusted for age, gender,
ethnicity, education, PIR, marital status, and alcohol consumption. § Adjusted for age, gender, ethnicity, education,
PIR, marital status, alcohol consumption, HTN, DM, stroke, and CAD. ¶ Weighted β and 95% Confidence Interval.

Figure 1. Estimated mean blood Mn levels were 9.3, 9.7, 8.4, and 11.6 μg/L for NH-White (n = 988),
Hispanic (n = 385), NH-Black (n = 491), and Other Race (n = 204), respectively. * p < 0.0001. Data were
analyzed by One-way ANOVA with Tukey’s post-hoc test holding NH White as the control. The limit
of detection used was 0.99 μg/L.

99



Toxics 2022, 10, 191

Figure 2. Estimated mean urinary Mn levels were 0.19, 0.13, 0.15, and 0.14 μg/L for NH-White
(n = 451), Hispanic (n = 176), NH-Black (n = 225), and Other Race (n = 98), respectively. Data were
analyzed by One-way ANOVA with Tukey’s post-hoc test holding NH White as the control. The limit
of detection used was 0.13 μg/L.

4. Discussion

To our knowledge, this is the first study to investigate possible associations between
blood and urinary Mn levels and cognitive function in an elderly US-based population.
We found significant inverse associations between blood and urinary Mn levels with
cognitive function when stratified by four cognitive function tests, while there was no
significant association between blood and urinary Mn levels and composite outcome z-score.
Specifically, blood Mn was inversely associated with CERAD (immediate) after adjusting for
gender, age, race/ethnicity, PIR, and marital status; this association is no longer significant
after adjusting for medical history. In addition, blood Mn was inversely associated with
AF scores after adjusting for all covariates. Finally, urinary Mn was inversely associated
with CERAD (immediate) after adjusting for all covariates and inversely associated with
DSST scores in models 1 to 3, while no longer significant after adjusting for medical history.
Each cognitive function test measures different cognitive domains that are influenced by
various brain regions and interactions among these regions, and these results may suggest
a region-specific effect of Mn [25–27].

A similar NHANES study has previously reported an inverse association between
urinary Mn levels and high blood pressure in adults [32]. Oulhote and co-workers reported
similar differences in blood Mn levels across different race/ethnicities, indicating the
importance of considering race/ethnicity as a confounding factor when conducting future
studies [2]. Studies in children have reported high Mn exposure associated with poor
childhood development characterized by motor skills and behavioral performance [33].
Furthermore, elevated Mn levels in private wells are associated with increased congenital
disabilities [34]. Together, these data suggest that Mn may be implicated in a broad range
of adverse effects that may influence cognitive function and highlight the need for further
research on the mechanisms through which it induces toxic effects.

The exact molecular mechanisms of Mn-induced neurotoxicity have not been fully es-
tablished. It is believed that Mn exposure has a biphasic relationship with health outcomes,
suggesting Mn serves as an essential nutrient at an optimal concentration but has toxic
effects at low and high levels [35]. Mn is transported across the blood-brain barrier (BBB)
via several pathways, such as the divalent metal transporter 1 (DMT1) and the transferrin
receptor system and accumulates in Fe-rich regions of the basal ganglia [11,35]. Mutations
in the Mn efflux and influx transporter genes SLC30A10 and SLC30A8 can alter Mn levels
in the Golgi apparatus and induce neurotoxicity via aberrant vesicular trafficking [35,36].
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Evidence suggests Mn may increase autophagy at higher levels, implicating a role in the
degradation of protein aggregates associated with neurodegenerative diseases such as PD
or Alzheimer’s disease AD [37]. Its implication in neurodegenerative diseases is further ev-
idenced by its ability to alter mitochondrial function and induce dopaminergic cell loss [35].
Furthermore, Mn accumulation affects the metabolism of other metals, and Mn toxicity
may indirectly lead to toxic increases of other metals as well [1]. Epidemiological studies
investigating possible environmental associations between Mn and adverse effects can help
provide further insight into prevention methods.

A major strength of this study is the utility of a representative U.S.-based elderly
population. NHANES is designed to oversample minority populations and apply adjusted
weights to ensure representation. Nevertheless, the data reported in this study should
be interpreted with caution based on several limitations. First, there were data excluded
from both cohorts due to missing values. The final cohorts represent 66% and 31% of
the participants considered for blood and urine analyses, respectively. Second, blood and
urine Mn levels are generally thought to reflect acute exposure to Mn. The half-life of
urinary Mn is believed to be about 30 h, while it is only about 2 h in the blood [38,39]. This
difference may explain why there was no significant association found between blood Mn
and urinary Mn levels as the renal route of excretion is only responsible for up to about
5% of Mn excretion [38,40]. The biologic half-life of Mn in the brain has been previously
reported to be between 51–74 days, also suggesting that blood and serum levels may not be
reflective of the total concentration of Mn in the body [41]. The average blood and urine
Mn levels seen in our sample population also fall below the average Mn levels reported in
the Agency for Toxic Substances and Disease Registry of 4–15 μg/L in blood and 1–8 μg/L
in urine [42]. Moreover, previous studies have found urine to be a poor biomarker for Mn
exposure [43]. Ellingsen and co-workers found weak associations between urinary Mn and
inhalable aerosol fractions in a group of workers in Mn-alloy producing plants [44]. Future
research should focus on using biomarkers that accurately depict long-term exposure. For
example, Laohaudomchok and co-workers found toenails to be a measure of Mn levels up
to 12 months after exposure [45]. Ideally, an integrated approach that considers multiple
biomarkers for Mn exposure provides a more accurate representation of the total body
burden of exposure [46].

Lastly, only biomarkers of Mn were used, and it is possible that exposure to other
neurotoxic agents may have confounded the results. For example, other metals such as Al,
Se, Pb, Zn, Cd, and Hg have all been implicated in a broad range of neurodegenerative
disorders and may share similar routes of exposure to Mn [47–49]. Zn transporters, ZIP8
and ZIP14, have been suggested to also be involved in Mn transport pathways, indicating
that co-exposure of these two metals may have combinatorial effects [50]. Cognitive
dysfunction is a common clinical presentation of many neurodegenerative diseases. These
diseases are multifaceted and co-exposure of a variety of environmental factors such as
pesticides or particles found in air pollution may further affect the role of Mn in cognitive
function.

5. Conclusions

Collectively, these findings suggest that increased blood and urinary Mn levels are
associated with poorer cognitive function in an elderly US population. These data further
support the need for preventative approaches to reduce excess Mn exposure. Future studies
incorporating biomarker matrices that are more stable and using cohorts with repeated
samples available will be important in determining the impact of chronic, lower-level Mn
exposure on cognitive function.
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Supplementary Materials: The following supporting information can be downloaded at: https:
//www.mdpi.com/article/10.3390/toxics10040191/s1, Table S1: Mn-Blood univariate analyses of
the association between z-score and covariates (n = 2068), Table S2: Mn-Blood levels (continuous)
in relation to CERAD (delayed), Table S3: Mn-Blood levels (continuous) in relation to DSST, Table
S4: Mn-Blood levels (continuous) in relation to z-score, Table S5: Mn-Urine univariate analyses of
the association between z-score and covariates (n = 950), Table S6: Mn-Urine levels (continuous)
in relation to CERAD (delayed), Table S7: Mn-Urine levels (continuous) in relation to AF, Table S8:
Mn-Urine levels (continuous) in relation to cognitive function, Table S9: Mn-Blood levels (continuous)
in relation to Mn-Urine.
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Abstract: Exposure to lead and mercury can cause deficits in neuromotor function. Selenium
and manganese are essential elements, hence both deficiency and excess could result in decreased
neuromotor function. We aimed to examine hand grip strength, a marker of neuromotor function,
and blood concentrations of lead, mercury, selenium, and manganese in the general U.S. population.
We used data from the National Health and Nutrition Examination Survey (NHANES, 2011–2014)
on 6199 participants ages 20–79 years. We assessed associations of blood concentration for these
elements and grip strength with generalized regression models, and cubic splines to detect possible
nonlinear relations, adjusting for confounders. The results showed that mercury and manganese
were not associated with grip strength. Lead was associated with weaker grip strength in women (for
10-fold increase in lead, −2.4 kg; 95% CI: −4.2, −0.5), but not in men. Higher selenium was associated
with stronger grip strength in women (8.5 kg; 95% CI: 1.9, 15.1) and men (4.6; 95% CI: −11.9, 21.0),
although the association was not significant in the latter. In conclusion, lead exposure was associated
with weaker grip strength in women, even at the low exposure levels in the population. Furthermore,
low blood selenium level was associated with weaker grip strength, suggesting that some individuals
might have selenium deficiency manifesting with poorer neuromotor function.

Keywords: grip strength; metals; neuromotor system; neurotoxicity; NHANES

1. Introduction

Environmental exposure to some metals may lead to neurotoxic effects that can
manifest by alterations in different functions of the nervous system, such as cognitive
impairments, mental health or mood disorders, and impairment in neuromotor function.
For instance, the adverse effects of lead exposure on the nervous system have been very
well documented, especially during development [1] and in adults with high levels of
exposure in the workplace [2,3]. Fewer studies have addressed potential adverse effects
on neuromotor function at the lower exposure levels found in adults from the general
population. Blood lead concentration was associated with weaker hand grip strength in a
community-based study among men in unadjusted models, but not after adjustment for
covariates [4]. However, higher blood lead was also associated with other neuromotor
function indicators, such as poor fine motor skills, assessed with a handwriting test, and
with slower walking speed in older individuals from the general population [5,6].

Mercury is a global pollutant with known neurotoxic properties. The greatest risks for
the integrity of the nervous system are thought to arise from exposure to methylmercury,
especially when exposure occurs during the perinatal period [7]. Some studies also reported
that high exposure during adulthood, such as in residents of Minamata, could cause severe
neuromotor deficits such as cerebellar ataxia and poor motor strength [8]. Another study
reported poorer motor strength and motor dexterity with higher hair methylmercury levels
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in adults consuming mercury-contaminated fish from the Amazonian basin [9]. However,
much fewer data are available on the potential effects on neuromotor function arising from
low-level exposure during adulthood.

Selenium and manganese are essential nutrients, but intake of these elements at
levels exceeding the homeostatic capacity may cause toxic effects. Both elements are
constituents of enzymes protecting against oxidative damage in cells [10,11], and thus
could be important for protecting brain and muscle cells implicated in normal neuromotor
function. Selenium is quite abundant in a normal diet, being found in a diversity of foods,
including meat, seafood, and grains [11]. A few studies in elderly populations reported that
lower levels of blood selenium were associated with poorer coordination, slower motor
speed [12], and weaker grip strength [13]. Elevated exposure to selenium can also exert
toxic effects, and it has been estimated that a narrow range of intake separates deficiency
from toxicity [14]. Selenium acute toxicity was reported in individuals who consumed
misformulated supplement products [14], including symptoms of fatigue and muscle pain
lasting several years after the consumption of the faulty supplements. However, high
intake of selenium has not been linked to overt toxicity in populations living in areas with
selenium-rich soils in the United States [15] and China [16].

An adequate intake of manganese is also necessary for normal function of the ner-
vous system, with both deficiency and excess possibly related to adverse nervous system
effects [10]. The main source of exposure to the general population is through the diet,
with this element being present in many foods. The neurotoxicity of this metal has been
well-described in workers exposed to airborne manganese particles, which can induce
a neurodegenerative syndrome similar to Parkinson’s disease [17]. Evidence of a neu-
rotoxic effect in adults exposed to environmental sources (non-occupational) is sparse,
but could occur in some populations, such as those living in the vicinity of metallurgical
industries [18] and mines [19], and in those consuming manganese-contaminated drinking
water [20]. However, no study has yet investigated potential nervous system deficits in
relation to exposure to manganese in the general adult population with low, background
exposure levels.

In summary, there are few reports on potential neurotoxicity associated with exposure
to lead, mercury, selenium, and manganese in adults from the general population, as
most studies focused on children or special populations with elevated exposure levels.
Hence, the aim of our study was to examine the association between hand grip strength,
a marker of neuromotor function, and blood concentrations of lead, mercury, selenium,
and manganese in the general U.S. population. We relied on data from the U.S. National
Health and Nutrition Examination Survey (NHANES), which provided measures of hand
grip strength. Motor weakness is one of the most common effects of exposure to several
neurotoxicants. Hence, the grip strength test is often used in the assessment of neurotoxicity
in humans as well as in animal models [21].

We hypothesized that higher blood levels of lead and mercury might be associated
with weaker hand grip strength. As selenium and manganese are essential nutrients at
low levels, but can also have neurotoxic effects at higher levels, we hypothesized that
the relation between blood concentrations and grip strength might display an inverse
U-shaped curve.

2. Materials and Methods

2.1. Study Population

We used data collected during the cycles 2011–2012 and 2013–2014 of the NHANES, a
nationally representative of the non-institutionalized U.S. population. Data were gathered
from respondents through questionnaires, a medical examination in mobile examination,
and laboratory analysis of biological samples. Among the 19,931 respondents of NHANES
cycles 2011–2012 and 2013–2014, 6199 met the following inclusion criteria: (i) age between
20 and 79 years; (ii) data on grip strength of both hands; and (iii) data on blood concentra-
tions of lead, mercury, manganese, and selenium. We excluded participants without valid
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hand grip measurements (n = 180 with incorrect arm/hand position during the test) and
those who reported having had a hand surgery (n = 203). The study was approved by the
National Center for Health Statistics Research Ethics Review Board and participants gave
signed informed consent [22].

2.2. Measurement of Blood Metals

A sample of venous blood was collected from each survey participant during the
physical examination; frozen at −20 ◦C; and shipped to the Division of Laboratory Sci-
ences, National Center for Environmental Health, CDC (Atlanta, GA, USA) for analysis.
The concentrations of lead, mercury, selenium, and manganese were measured using an
inductively coupled plasma-mass spectrometer dynamic reaction cell (Elan ICP-DRC-MS
instrument). State-of-the-art quality controls were applied, including standard reference
materials for external calibration and spiked pools for internal quality control. NHANES
reports blood concentrations for inorganic mercury and total mercury (the difference rep-
resenting organic mercury). Although organic and inorganic forms of mercury can have
a differential impact on the nervous system, both have neurotoxic properties. Hence, we
only used total mercury in our analysis. Further details on the laboratory procedures are
available elsewhere [23].

2.3. Measurement of Hand Grip Strength

Grip strength was evaluated using the Hand Dynamometer (Takei Digital gripper
force gauge model T.K.K.5401) to obtain a measurement in kg of the maximum force exerted
by hands. Before measurement of handgrip strength, the dynamometer was adjusted to
participants’ hand size. Participants were instructed to squeeze the dynamometer as hard as
possible using one hand. The test was repeated three times for each hand, alternating hands
with a 60 s rest between measurements on the same hand. The measures were considered
valid when the participant was able to perform the test while standing and managed to
form a 90◦ angle with the index on the dynamometer handle. In our analysis, we used
the combined hands’ grip strength, representing the sum of the largest reading from each
hand. Further details on the grip strength test procedures are available elsewhere [24].

2.4. Potential Confounders

The potential confounding factors considered were as follows: age (in years), educa-
tion (less than 9th grade; 9–12th grade (no diploma); high school graduate/GED equivalent;
some college or associate degree; college graduate or above), race/ethnicity (non-Hispanic
White; non-Hispanic Black; non-Hispanic Asian and other non-Hispanic groups; Mexican
American and other Hispanics), family income to poverty ratio grouped into quartiles
(<0.87, 0.87–1.65, 1.65–3.58, >3.58), body mass index (BMI, in kg/m2), smoking (never,
occasional, regular smoker), and alcohol consumption (no, yes). Participants who smoked
less than 100 cigarettes in their lifetime were labelled as ‘never smokers’; those who smoked
cigarettes, pipes, cigars, little cigars, or electronic cigarettes during the past 5 days were
‘regular smokers’; those who did not smoke in the last 5 days were ‘occasional smokers’.
For alcohol consumption, participants were grouped into ‘yes’ if they reported consuming
>12 alcoholic beverages in the past year, and into ‘no’ otherwise.

2.5. Statistical Analyses

All analysis were stratified by sex because there is a large difference in hand grip
strength between men and women and because previous studies have reported differential
susceptibility to metal neurotoxicity in men and women (e.g., [25]). Given the large sample
size, these sex-stratified analyses could be performed with sufficient statistical power. For
descriptive purposes, we analyzed whether participant characteristics were associated
with grip strength, using ANOVA or Kruskal Wallis test (for between-groups unequal and
equal variance, respectively).
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The main outcome was the combined hands’ grip strength, representing the sum of
the largest dynamometer reading from each hand. We used generalized regression models
(GLMs) for complex survey samples to analyze the association between blood concentra-
tions of elements (lead, mercury, selenium, and manganese) and grip strength, adjusting
for confounding factors. Each element concentration in blood was modelled separately
and a sensitivity analysis was carried out by including all four elements in the models to
produce association estimates for mutually-adjusted elements. Blood concentrations of all
elements were log10-transformed to normalize the distribution and entered as continuous
values in models. Age, education, BMI, and race/ethnicity were including a priori in all
models because they are strong predictors of grip strength [26]. Additional covariates were
included in models when associated in univariate analysis with both grip strength and
at least one blood concentration of the following elements (at p < 0.20): family income-to-
poverty ratio, smoking status, and alcohol consumption. All models were adjusted for the
same covariates. We also ran restricted cubic splines models to generate plots showing
the shape of the associations, setting 5 knots, placed at the 5th, 25th, 50th, 75th, and 95th
percentiles. This allows for a visual exploration of the data to detect thresholds in the
associations, or inverse ‘U-shaped’ curve that may characterize associations for essential
nutrients (i.e., manganese and selenium).

In addition to the GLMs on the outcome for combined hands’ grip strength (analyzed
as continuous values), we also ran analyses on grip strength categorized into more clinically
relevant groups. In order to do this, we standardized grip strength measures for age and
sex by calculating z-scores, and then we created two groups: ‘low’ and ‘normal’ grip
strength, defined as a z-score ≤20th percentile and >20th percentile, respectively. This
cut-off to define motor weakness based on hand dynamometer measures of grip strength is
similar to previous studies (e.g., [27]). Binary logistic models for complex surveys were
used to assess whether element blood concentrations were associated with the risk of low
grip strength score (i.e., age- and sex-specific z-score below the 20th percentile). The same
covariates were included as in GLMs (i.e., age, BMI, education, poverty to income ratio,
alcohol, and smoking).

The sampling weights, strata, and primary sampling units created by the U.S. National
Center for Health Statistics (NCHS) were applied to all statistical analyses according to
NCHS guidelines to account for the complex, stratified multistage probability sample de-
sign of NHANES. All analyses were performed using R (version 3.5.0), using the packages
survey and rms. p-values below 0.05 were considered to be statistically significant.

3. Results

In total, 6199 patients were included in our study: 3091 women (49.7%) and 3108 men
(50.1%). Table 1 presents the characteristics of the study population by sex. The mean
age was 45.9 (SD, 15.9) years for women and 45.8 (SD, 16.3) years for men. The average
grip strength in men (mean, 88.9; SD, 17.8 kg) was much higher than that of women (57.0;
11.0 kg). Most participants reported never having smoked (66.5% of women and 49.1% of
men). However, the majority of women and men reported drinking alcohol (58.8% and
80.4%, respectively).

Table 2 shows descriptive statistics on the concentrations of elements in blood of the
women and men included in this study. Median concentrations were higher in men than
women for lead, mercury, and selenium, but not for manganese. Blood lead median concen-
trations were 1.12 μg/dL and 1.68 μg/dL for women and men, respectively. Blood mercury
median concentrations were 1.58 μg/L in women and 1.74 μg/L in men. The median blood
selenium level was 193.4 μg/L in women and 198.2 μg/L in men. For manganese, women
presented slightly higher blood levels than men, with median concentrations of 10.74 μg/L
in women and 9.22 μg/L in men.
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Table 1. Description of the study population stratified by sex.

Characteristic Women (n = 3091) Men (n = 3108)

Age (years); mean (SD) 45.9 (15.9) 45.8 (16.3)

BMI (kg/m2); mean (SD) 29.3 (7.6) 28.4 (6.2)

Grip strength (kg); mean (SD) 57.0 (11) 88.9 (17.8)

Education level; n (%)
Less than 9th grade 195 (6.3) 263 (8.5)

9–12th grade (no diploma) 374 (12.1) 424 (13.6)
High school graduate/GED equivalent 622 (20.1) 707 (22.8)

Some college or associate degree 1055 (34.1) 908 (29.2)
College graduate or above 845 (27.3) 806 (25.9)

Race/ethnic group; n (%)
Non-Hispanic White 1192 (38.6) 1174 (37.8)
Non-Hispanic Black 744 (24.1) 758 (24.4)

Non-Hispanic Asian/other non-Hispanic 496 (16.1) 521 (16.8)
Mexican American and other Hispanic 659 (21.3) 655 (21.1)

Family income to poverty ratio; n (%)
0.00–0.87 602 (19.5) 519 (16.7)
0.87–1.65 649 (20.9) 667 (21.5)
1.65–3.58 749 (24.2) 746 (24)
3.58–5.00 857 (27.7) 935 (30.1)

Missing data 234 (7.6) 241 (7.7)
Smoking status; n (%)

Never 2057 (66.6) 1525 (49.1)
Occasional smoker 459 (14.9) 689 (22.2)

Regular smoker 493 (15.9) 806 (25.9)
Missing data 82 (2.6) 88 (2.8)

Alcohol consumption; n (%)
No 1008 (32.6) 427 (13.7)
Yes 1816 (58.8) 2499 (80.4)

Missing data 267 (8.6) 182 (5.9)

Table 2. Descriptive statistics for element concentrations in blood for women (n = 3091) and men (n = 3108).

Blood Concentration Min Percentile 25 Median Percentile 75 Max SD Geometric Mean

Lead (μg/dL)
Women 0.11 0.55 0.88 1.36 19.4 1.06 0.89

Men 0.17 0.80 1.22 1.89 61.29 2.19 1.26

Mercury (μg/L)
Women 0.11 0.42 0.82 1.76 36.99 2.29 0.89

Men 0.11 0.43 0.84 1.87 50.81 2.85 0.93

Selenium (μg/L)
Women 105.4 177.2 191.0 206.3 734.8 28.88 191.6

Men 105.8 181.3 196.6 212.1 635.8 26.43 196.6

Manganese (μg/L)
Women 1.88 7.82 9.85 12.69 62.51 4.40 10.02

Men 2.69 7.02 8.73 10.65 54.92 3.37 8.73

Table 3 presents the mean grip strength with respect to individual characteristics for
men and women, respectively, and from univariate analysis. For both men and women, grip
strength decreased significantly with age (r = −0.38 in men and −0.35 in women, indicating
a decrease of 0.35 kg of grip strength per increase of 1 year of age in women for instance).
When examining grip strength by age groups to allow for nonlinear relations, mean grip
strength increased with age, peaking in the 30–39 years group, and then decreased in older
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age groups, similarly in men and women. Grip strength increased significantly with BMI
in both sexes. Grip strength also varied significantly with education and race/ethnicity.
Men and women in the lower education group (i.e., less than 9th grade) had poorer grip
strength than those in the other groups. In addition, a stronger grip strength was observed
in non-Hispanic black men and women compared with other race/ethnicity groups. In
men, higher family income to poverty ratio was associated with stronger grip strength,
but there was no such relation in women. Men and women who consumed alcohol had a
lower grip strength than those who did not. Men and women who reported being regular
smokers had stronger grip strength than the others.

Table 3. Grip strength with respect to individual characteristics in women and men.

Characteristic Women (n = 3091) Men (n = 3108)

Pearson’s r (IC95%)

Age (years) 1 −0.35 (−0.38, −0.32) −0.38 (−0.41, −0.35)

BMI (kg/m2) 1 0.20 (0.16, 0.23) 0.18 (0.15, 0.22)

Mean (SD)

Age groups (years) 2

20–29 59.8 (10.3) 93.5 (17.3)
30–39 61.1 (10.4) 97.4 (17.4)
40–49 59.8 (11.1) 92.6 (15.6)
50–59 55.9 (9.8) 86.8 (15.3)
60–69 52.3 (9.1) 79.8 (16.1)
70–79 46.6 (9.5) 73.1 (13.4)

Education level 2

Less than 9th grade 50.8 (10.4) 78.9 (16.5)
9–12th grade (no diploma) 55.5 (11.1) 88.0 (19.3)

High school graduate/GED equivalent 56.4 (11.3) 90.4 (17.1)
Some college or associate degree 58.2 (11.2) 91.1 (17.7)

College graduate or above 58.1 (10.2) 88.9 (17.1)

Race/ethnicity 2

Non-Hispanic White 57.1 (10.7) 90.8 (17.5)
Non-Hispanic Black 61.9 (11.6) 93.2 (18.7)

Non-Hispanic Asian/other non-Hispanic 53.6 (9.8) 83.5 (16.1)
Mexican American and other Hispanic 53.9 (9.8) 84.8 (16.6)

Family income to poverty ratio 3

0.00–0.87 57.3 (11.7) 86.7 (18.1)
0.87–1.65 56.5 (11.5) 88.8 (18.4)
1.65–3.58 57.2 (11.1) 89.6 (18.1)
3.58–5.00 57.8 (10.3) 90.7 (16.8)
Missing 54.5 (10.0) 84.6 (17.9)

Smoking status 2

Never 56.6 (11.0) 89.9 (17.9)
Occasional smoker 56.6 (10.8) 84.8 (16.8)

Regular smoker 58.7 (11.3) 91.2 (17.7)
Missing 60.3 (10.8) 84.6 (17.9)

Alcohol consumption 2

No 58.1 (10.8) 89.9 (17.5)
Yes 55.1 (11.4) 84.8 (18.5)

Missing 60.3 (10.8) 83.0 (19.9)

All participants 57.0 (11.1) 88.9 (17.8)
1 Significant association between age and BMI and grip strength for both sexes (p < 0.001). 2 Significant difference
between characteristic’s groups and grip strength for both sexes (p < 0.001). 3 In women, there was no significant
difference in mean grip strength with respect to family income to poverty ratio (p = 0.28), but the difference was
significant in men (p < 0.001).
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The results of the GLMs for complex survey samples used to investigate associations
between blood concentration of elements and grip strength are summarized in Table 4. A
higher concentration of lead in blood was associated with significantly weaker grip strength
in women (p < 0.05), with a 10-fold increase in lead being associated with lower grip strength
by 2.37 kg (95% CI: −4.24, −0.50). Using the results showing that an increase in 1 year of
age was associated with a 0.35 kg decrease in grip strength in women (Table 3), we could
estimate that the −2.37 kg difference in grip strength is equivalent to about 6.8 years of
aging (2.37/0.35). Blood lead was not associated with grip strength in men (β = 1.46 kg;
95% CI: −2.18, 5.10). Blood mercury concentration was not significantly associated with
grip strength in either sex. The direction of the association estimate was positive for both
men and women, indicating higher grip strength with higher blood mercury levels, but
the confidence intervals were wide and far from significant. Higher blood selenium was
significantly associated with stronger grip strength in women (β = 8.49 kg; 95% CI: 1.89,
15.10) and in men (β = 4.57 kg; 95% CI: −11.89, 21.03), but the association did not reach
significance in the latter. Blood concentration of manganese was not significantly associated
with grip strength in men or women.

Table 4. Change in grip strength for a 10-fold increase in the concentration of each blood element in
men and women.

Blood Concentration
Women (n = 2609) Men (n = 2706)

β (CI95%) p-Value β (CI95%) p-Value

Lead (μg/dL) −2.37 (−4.24, −0.50) 0.03 1.87 (−1.69, 5.43) 0.32
Mercury (μg/L) 0.18 (−0.89, 1.26) 0.75 1.38 (−0.22, 2.98) 0.11
Selenium (μg/L) 8.49 (1.89, 15.10) 0.02 4.57 (−11.89, 21.03) 0.59

Manganese (μg/L) −2.08 (−4.76, 059) 0.15 −1.49 (−5.87, 2.88) 0.51
Note: Estimates are from GLMs for complex survey design for the association between blood concentrations of
elements separately and grip strength, adjusting for age, BMI, education, race/ethnicity, income to poverty ratio,
smoking, and alcohol consumption.

Figures 1 and 2 show the shape of the association between blood element concen-
trations and grip strength with cubic splines for women and men, respectively. It shows
that the association between blood lead and grip strength in women appears linear, with a
steady decrease in strength with increased blood lead levels (Figure 1a). For selenium in
women, there is a steep increase in grip strength up until approximately 200 μg/L, then
grip strength continues to increase with higher selenium, but the slope is less pronounced.
The spline for blood mercury and grip strength was flat, indicating no association. In
men, splines for blood lead and selenium suggest stronger grip strength with higher blood
levels, whereas it was the reverse for manganese, but none of the association were very
strong, consistent with the lack of significant associations in the GLM analysis. Similar to
the results in women, the spline for blood mercury and grip strength was flat, indicating
no association.
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Figure 1. For women, associations between blood element concentrations and grip strength analyzed with splines (5 knots)
for (a) lead, (b) mercury, (c) selenium, and (d) manganese. All models were adjusted for age, BMI, education, race/ethnicity,
income to poverty ratio, smoking, and alcohol consumption.

Figure 2. For men, associations between blood element concentrations and grip strength analyzed with splines (5 knots) for
(a) lead, (b) mercury, (c) selenium, and (d) manganese. All models were adjusted for age, BMI, education, race/ethnicity,
income to poverty ratio, smoking, and alcohol consumption.
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We also analyzed grip strength as a binary variable, categorizing participants as
having ‘low’ or ‘normal’ grip strength (Table 5). Consistent with the GLM results, a 10-fold
increase in blood lead was significantly associated with an elevated risk of having low grip
strength among women (OR = 1.76; 95% CI: 1.09, 2.84). For selenium, a 10-fold increase
in blood levels was significantly associated with a decreased risk of having a low grip
strength among women (OR = 0.03; 95% CI: 0.003, 0.4). Blood concentrations of mercury
and manganese showed no association in these analyses.

Table 5. Odds of low grip strength for a 10-fold increase in blood concentration of elements.

Blood Concentration
Women (n = 2609) Men (n = 2706)

OR (95% CI) OR (95% CI)

Lead (μg/dL) 1.76 (1.09, 2.84) 0.87 (0.58, 1.30)
Mercury (μg/L) 0.96 (0.69, 1.32) 0.77 (0.55, 1.06)
Selenium (μg/L) 0.03 (0.003, 0.4) 3.39 (0.27, 41.38)

Manganese (μg/L) 0.83 (0.38, 1.78) 1.53 (0.64, 3.67)
Note: Results are from logistic regressions for complex survey design for the association between blood concen-
tration of elements and low grip strength (i.e., grip strength ≤ 20th percentile), adjusting for age, BMI, education,
race/ethnicity, income to poverty ratio, smoking, and alcohol consumption.

Finally, we ran GLMs including all four elements and the results were similar to those
from the single-exposure models (Table 6). The association estimates between blood lead
and weaker grip strength and that between blood selenium and stronger grip strength in
women remained of similar magnitude and statistically significant. Likewise, manganese
and mercury were not associated with grip strength in these models for mutually-adjusted
elements.

Table 6. Change in grip strength for a 10-fold increase in the concentration of blood elements, from
models including all four elements.

Blood Concentration
Women (n = 2609) Men (n = 2706)

β (CI95%) p-Value β (CI95%) p-Value

Lead (μg/dL) −2.50 (−4.40, −0.61) 0.02 1.46 (−2.18, 5.10) 0.45
Mercury (μg/L) 0.34 (−0.72, 1.39) 0.54 1.31 (−0.36, 2.97) 0.15
Selenium (μg/L) 8.19 (1.69, 14.69) 0.03 3.67 (−12.79, 20.14) 0.67

Manganese (μg/L) −1.84 (−4.48, 0.79) 0.20 −1.87 (−6.37, 2.62) 0.43
Estimates are from GLMs for complex survey design for the association between blood concentrations of elements
and grip strength, adjusting for age, BMI, education, race/ethnicity, income to poverty ratio, smoking, and alcohol
consumption.

4. Discussion

In the present study among adults from the general U.S. population, we observed
that higher concentrations of lead were associated with weaker grip strength in women,
and this association appeared to be approximately linear. We observed no association
between blood lead and grip strength in men, similar to a previous study conducted on
older men (i.e., >65 years) from the general population [4]. Other studies also assessed
neuromotor function in relation to lead exposure, but relied on different tests for assessing
this outcome. For instance, an analysis of older adults (i.e., >58 years, NHANES 1999–2002)
reported that walking speed decreased significantly with increasing blood lead [6]. Similar
to our study, this association was observed in women, whereas null findings were observed
in men. The adverse effects of high occupational lead exposure on neuromotor function
are well-documented [2,3,28], and the present study suggests that this might also apply
to women from the general U.S. population. The magnitude of the association estimate
for a ten-fold increase in blood lead levels was equivalent to about 6.8 years of aging.
These results were obtained after controlling for several important potential confounders,
including age and socioeconomic status.
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With respect to mercury, we did not observe a significant association between blood
levels of this metal and grip strength. Moreover, further exploration of the data for a
potential threshold effect (e.g., an association appearing at the most extreme values of
blood mercury concentrations) did not reveal any indication of an effect of mercury in this
population. Previous studies linking adverse effects of mercury on neuromotor function
among adults were conducted in populations with much higher levels of exposure owing to
the frequent consumption of mercury-contaminated fish [29] or occupational exposure [30].
We did not find any other study investigating mercury exposure in relation to neuromotor
function in the adult general population, hence there is no comparable investigation to
place our findings into perspective. The lack of association between blood mercury and
grip strength is likely due to the low levels of exposure experienced in this population
and/or to the well-documented confusion bias introduced by the good nutrients present in
fish such as omega-3 fatty acids and selenium. Fish and seafoods are the most important
source of exposure to mercury in the U.S. population [31].

Our study suggests an association between low blood selenium levels and weaker
grip strength in both men and women, although the results were significant only for the
latter. Our results are consistent with those from previous studies showing associations
between low blood selenium levels and weaker grip strength in older women living in
Baltimore, Maryland [13] and in older adults living in Chianti, Italy [32]. The same results
were observed in another study that evaluated other indicators of neuromotor function
such as upper and lower limb coordination [12]. Furthermore, our findings showing that
performance on motor function increases more steeply at lower than higher blood con-
centrations was also observed in another study conducted among Spanish and American
adults [27]. It is noteworthy that all previous studies on selenium and neuromotor function
were conducted on older populations, hence the present study extends these findings to
individuals of younger age groups. The stronger hand grip observed in individuals with
higher blood selenium could be due to the role of selenoproteins in muscular function.
Skeletal muscles are important sites of selenium storage, and selenoproteins are known
to be involved in muscle function. Hence, mutations in the gene causing deficiency in
selenoprotein N are known to cause inherited neuromuscular disorders characterized
by generalized muscle atrophy and muscle weakness [33]. Our findings showing that
individuals with low blood selenium had weaker grip strength suggest that selenium
deficiency might be prevalent in the general U.S. population, manifesting with poorer
neuromotor function.

Like selenium, manganese is also an essential element for human health. However,
we did not observe a significant association between blood manganese and grip strength
in the present study. We have not been able to identify any other studies that have investi-
gated grip strength in relation to blood manganese in the general population. However,
populations with high environmental exposure to manganese because of their proximity
to polluting industries might display neuromotor deficits [18–20]. Furthermore, our ex-
ploration of the shape of the exposure–response relation did not reveal other potential
association, such as an inverse U-shaped curve, that may characterize essential nutrients.
The lack of association between low blood manganese and grip strength is not surprising,
as adverse health effects due to manganese deficiency in humans have only been reported
under experimental conditions [34]. This element is essential, being a constituent of several
metalloproteins [10], but dietary sources are common and provide sufficient intake for
most, if not all individuals in the population.

An important strength of the present study is the large sample, being representa-
tiveness of the general, non-institutionalized population. In our analysis, we applied
adequate methods for complex surveys to ensure that the findings are generalizable to
the general U.S. population. All the analyses were adjusted for important confounders,
and the results were robust when all four elements were included in the same model (i.e.,
results for mutually-adjusted elements). Further studies might be useful to explore whether
interactions between these different elements might occur. Our study has some limitations,
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including the cross-sectional study design, which does not allow to assess the temporality
of associations. Another limitation is our reliance on blood as a biomarker for manganese
and mercury, as other biological matrices might be better biomarkers of exposure. For
instance, a review and meta-analysis has concluded that hair was a better biomarker of
exposure to manganese than blood [35]. Likewise, to the extent that the largest and most
concerning form of mercury exposure is methylmercury, measurements made in hair might
be more useful in future studies aimed at detecting neurofunctional effects resulting from
overexposure to this metal [36]. Finally, the present study focused on hand grip strength
because no other measure was available in the survey to assess neuromotor function. How-
ever, grip strength is a measure of particular interest because compelling evidence from
longitudinal studies indicates that it is predictive of disability [37,38] and of mortality [39].

5. Conclusions

The findings from the present study indicate that higher blood lead was associated
with weaker grip strength in women, even at the low exposure levels encountered in this
population. Furthermore, low blood selenium levels were associated with weaker grip
strength, suggesting that some individuals might have selenium deficiency manifesting
with poorer neuromotor function. There was no indication that circulating concentrations
of manganese and mercury were associated with neuromotor strength at the levels of
exposure experienced by this population.
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Abstract: Methylmercury (MeHg) is a well-known neurotoxicant; however, its role in metabolic
diseases has been gaining wider attention. Chronic exposure to MeHg in human populations shows
an association with diabetes mellitus and metabolic syndrome (MS). As the incidences of both obesity
and MS are on the rise globally, it is important to understand the potential role of MeHg in the
development of the disease. There is a dearth of information on dietary interactions between MeHg
and lipids, which play an important role in developing MS. We have previously shown that MeHg
increases food seeking behaviors, lipid levels, fat storage, and pro-adipogenic gene expression in C.

elegans fed the standard OP50 Escherichia coli diet. However, we hypothesized that these metabolic
changes could be prevented if the worms were fed a bacterial diet lower in lipid content. We
tested whether C. elegans developed metabolic alterations in response to MeHg if they were fed two
alternative E. coli strains (HT115 and HB101) that are known absorb significantly less lipids from their
media. Additionally, to explore the effect of a high-lipid and high-cholesterol diet on MeHg-induced
metabolic dysfunction, we supplemented the OP50 strain with twice the standard concentration of
cholesterol in the nematode growth media. Wild-type worms fed either the HB101 or HT115 diet
were more resistant to MeHg than the worms fed the OP50 diet, showing a significant right-hand
shift in the dose–response survival curve. Worms fed the OP50 diet supplemented with cholesterol
were more sensitive to MeHg, showing a significant left-hand shift in the dose–response survival
curve. Changes in sensitivity to MeHg by differential diet were not due to altered MeHg intake in
the worms as measured by inductively coupled mass spectrometry. Worms fed the low-fat diets
showed protection from MeHg-induced metabolic changes, including decreased food consumption,
lower triglyceride content, and lower fat storage than the worms fed either of the higher-fat diets.
Oxidative stress is a common characteristic of both MeHg exposure and high-fat diets. Worms fed
either OP50 or OP50 supplemented with cholesterol and treated with MeHg had significantly higher
levels of reactive oxygen species, carbonylated proteins, and loss of glutathione than the worms fed
the HT115 or HB101 low-lipid diets. Taken together, our data suggest a synergistic effect of MeHg
and dietary lipid levels on MeHg toxicity and fat metabolism in C. elegans, which may affect the
ability of MeHg to cause metabolic dysfunction.
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1. Introduction

Metabolic syndrome (MS) and obesity are major health concerns with increasing
prevalence worldwide. MS is defined as a multifactorial condition characterized by insulin
resistance, diabetes mellitus (DM), dyslipidemia, and obesity. It has become increas-
ingly evident that many factors influence the prevalence of MS, including environmental
factors [1,2]. One such environmental agent emerging as a potential obesogen is methylmer-
cury (MeHg). MeHg is a well-known neurotoxin, which, in developmental exposures,
causes cognitive and behavioral dysfunction in children and is linked to the development
of neurodegenerative diseases, such as Parkinson’s disease [3,4]. While currently being
debated, there is growing evidence for a link between MeHg exposure and the devel-
opment of MS. The National Health and Nutrition Examination Survey (NHANES) and
Korean NHANES (KNHANES) data from 2003–2014 and 2011–2013, respectively, support
an association between blood heavy metal levels (which include Hg) with MS, obesity,
and lipid dysregulation [5–7]. These studies highlight the effect of heavy metals on the
development of MS; however, it is unclear as to whether the observed metabolic effects
were due to a single metal or a synergism of multiple metals in the mixture. However it has
been shown that elevated blood mercury levels are also associated with increased visceral
adipose tissue [8], and that toenail mercury levels (a marker for chronic Hg exposure) are
associated with the development of MS [9]. We have recently shown that MeHg signifi-
cantly increased lipid storage, altered feeding behavior, and increased the transcription
of MS-related genes in Caenorhabditis elegans (C. elegans) [10]. Mechanisms that lead to
MeHg-induced dyslipidemia are not known.

As a toxicant, MeHg primarily enters the human body through our diet. MeHg is a
major contaminant of our fish supply, with greater Hg concentrations present in fish higher
up the food chain, such as tuna, shark, swordfish, and mackerel [11]. While there are many
dietary benefits from regular fish consumption, such as increased polyunsaturated fatty
acids (PUFA) and selenium intake, the level of Hg ingested is an important consideration,
especially for children and pregnant women. Studies have shown that dietary factors
can affect how much Hg enters the body and its toxicity. MeHg enters cells through a
molecular mimicry mechanism. MeHg readily binds to thiol groups. When bound to the
amino acid cysteine, the MeHg–cysteine molecule resembles the amino acid methionine,
and is able to enter cells through the large amino acid transporter 1 and 2 (LAT1 and
LAT2) [12]. In worms, the amino acid transporters 1–3 are homologs to LAT1 and LAT2,
which transport MeHg into cells [13]. If worms are fed a diet enriched in methionine,
MeHg transport into cells is significantly decreased, as well as its toxic effects [13]. Similar
effects have been observed in mammalian systems [14,15]. In addition to binding thiols,
MeHg has high affinity for selenium. In diets enriched in selenium, MeHg will bind
selenium and selenoproteins rather than thiols, preventing glutathione depletion and
MeHg toxicity [16,17].

The relationship between dietary fats and methylmercury exposure has gained much
attention. Polyunsaturated n-3 fatty acids, such as eicosapentaenoic acid (20:5n-3, EPA)
and docosahexaenoic acid (22:6n-3, DHA), have multiple health benefits, from lowering
serum low-density lipoprotein levels to being cardio-protective and preventing metabolic
diseases [18,19]. These fatty acids are high in fish species that also contain significant Hg
levels. Therefore, understanding the relationship between PUFA and Hg consumption
is important. Longitudinal studies performed in the Seychelle Islands have shown ben-
eficial effects on cognition in children from maternal exposure to PUFAs found in fish
contaminated with MeHg [20–22]. n-3 PUFAS may protect against MeHg toxicity, either by
decreasing apoptosis or by reducing MeHg uptake [23]. Interestingly, a meta-analysis has
shown that high circulating n-3 PUFA levels or fish consumption correlate with a lower risk
of developing metabolic syndrome [24]. While PUFAs are an important type of fatty acid,
our human diets can be varied and contain multiple other types of lipids. Little is known
about the effects of other dietary lipids on MeHg toxicity. As high-total-fat, high-saturated-
fat, and high-cholesterol diets are all implicated in the development of metabolic syndrome,
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we were interested in whether changing the bacterial strain fed to C. elegans would affect
the worm’s response to MeHg. We hypothesized that high-fat diets would synergize the
metabolic dysfunction caused by MeHg exposure. To test this hypothesis, we exposed
worms to MeHg and fed them one of four test E. coli diets: the standard diet strain (OP50),
HB101 or HT115 (two diets previously shown to cause lower triglyceride accumulation
than OP50), or a high-cholesterol diet (OP50 grown on plates containing twice the standard
concentration of cholesterol). We then tested for MeHg lethality and Hg accumulation.
We determined that the low-fat diets were more protective against MeHg lethality than
OP50 and the high-cholesterol diet despite equivalent Hg accumulation. We then examined
intracellular triglyceride content and lipid accumulation, as well as pro-adipogenic gene
expression in worms exposed to MeHg and fed the test diets. As feeding in C. elegans is
linked to specific neurobehavior, we assessed feeding and locomotor behaviors controlled
by the dopaminergic, serotonergic, and glutamatergic neurotransmitter systems in worms
exposed to MeHg and fed the test diets. Finally, as oxidative stress is an important determi-
nant in neurotoxicity and metabolic toxicity, we measured reactive oxygen species (ROS)
levels, protein carbonyl content, glutathione content, and antioxidant response element
activation following MeHg exposure and test diet feeding.

2. Materials and Methods

2.1. Reagents

Unless otherwise stated, all reagents were obtained from Sigma-Aldrich (St. Louis,
MO, USA). Primers used in this study included tba-1 (F: AGACCAACAAGCCGATGGAG,
R: TCCAGTGCGGATCTCATCAAC), cebp-1 (F: CACTGACATGCCGAACAACG,
R: AGAGAGTCTTGTCTTGCGAAGG, sbp-1 (F: GGCGGCGAAGATTGTGATTC,
R: CACTGACATGCCGAACAACG), fat-6 (F: AGAGGAGAGCAAGAAGATCCCA,
R: TCACGGTTTGCCATTTTGCC), and vit-2 (F: TGATGAGTCCACCAACGAGTTC,
R: TTGCTCCTCGTCTCTCTCGT).

2.2. C. elegans Strains and Worm Maintenance

C. elegans strains were maintained at 20 ◦C on Nematode Growth Medium (NGM)
plates seeded with either Escherichia coli strains OP50, HT115, or HB101, as previously
described [25]. Additionally, worms were maintained on a 2x cholesterol NGM plate
(10 mg/mL cholesterol) seeded with OP50. C. elegans are cholesterol auxotrophs; stud-
ies have shown that above 5 mg/mL cholesterol levels are high in the nematodes [26].
For the majority of the study, wild-type N2 worms were used. We also used the VP596
(dvls19[pAF15(gst-4::GFP [green fluorescent protein]::NLS)];vsls33[dop-3::RFP (red fluores-
cent protein)] strain to measure antioxidant response element activity. Both strains were
obtained from the Caenorhabditis Genetic Center (CGC; University of Minnesota). The
bleaching method was used to harvest eggs for synchronous L1 populations, as previously
described [27]. Briefly, embryos were isolated from gravid worms using a bleaching solu-
tion (1% NaOCl and 0.25 M NaOH) followed by a sucrose gradient to segregate eggs from
worm and bacterial debris. Synchronized L1 worms were treated with MeHg for 30 min in
M9 liquid buffer at 25 ◦C on a tube rotator, and then plated on the NGM plates seeded with
the differing E. coli diets. We have previously shown that these concentrations are below
the LD50 for MeHg in C. elegans and correlate to concentrations of MeHg in the worm that
are below the US EPA reference dose of 0.1 μg/kg/d [28,29].

2.3. Dose–Response Survival Curves

The lethal dose 50% (LD50) of MeHg for N2 C. elegans strains fed differing diets was
determined by treating 5000 synchronized L1 worms with doses ranging from 1 to 200 μM
MeHg for 30 min in M9 liquid buffer at 25 ◦C on a tube rotator. All exposures were carried
out in triplicate and repeated 5 times. After treatment, worms were washed 3 times with
M9 buffer, transferred to OP50-, HT115-, or HB101-seeded NGM plates or OP50-seeded 2x
cholesterol NGM plates, and manually counted for lethality 24 h after MeHg treatment.
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2.4. Mercury Quantification

Inductively coupled mass spectrometry (ICP-MS, Agilent 8800 ICP-QQQ) was used to
measure intraworm concentrations of Hg. A total of 50,000 worms per sample were treated
with MeHg and then fed for 48 h on one of the four test diets before washing with M9 and
flash-freezing in liquid nitrogen. The samples were then sonicated. After centrifugation, an
aliquot of the supernatant was used to measure protein concentration via the BCA assay.
The rest of the sample was digested in the microwave with 1.6 mL bidest H2O, 250 μL
HNO3 suprapur® and 250 μL HCl suprapur®. Hg content was measured with No gas
mode ICP-MS. Rhodium (0.01 μg/L) was used as internal standard. The calibration was
prepared in 10% HNO3 suprapur® and 10% HCl suprapur® using a concentration range of
1–300 ng/L. The washout solution contained 1 ppm gold in 5% HNO3 and 5% HCl. The
content of Hg was calculated by dividing total Hg by total protein (ng Hg/mg protein).

2.5. Triglyceride Quantification

The EnzychromTM triglyceride quantification kit (BioAssay Systems, Hayward, CA,
USA) was used to measure total intracellular triglycerides. Following the MeHg treatment,
200,000 worms were fed the test diets for 48 h and were homogenized in triglyceride assay
buffer. Extracts were incubated for 30 min at room temperature with the triglyceride assay
reagent mix, and absorbency (optical density: 570 nm) was read. Data are expressed as
mmol triglycerides/μg protein.

2.6. Nile Red Staining

Previously, we have shown that fat storage sites are increased by MeHg through two
methods, BODIPY 493/503 and Nile Red [10]. As the Nile Red method amends itself
to screening multiple treatment groups, we chose to quantify fat storage sites using this
method. Twenty thousand L1 worms were incubated with MeHg, washed, and were
transferred to OP50-, HT115-, or HB101-seeded NGM plates or OP50-seeded 2x cholesterol
NGM plates. Seventy-two h after treatment, worms were washed off the plates and were
fixed for Nile Red staining, as previously described [30]. One thousand worms were first
washed with 0.1% triton in PBS, and then fixed in 40% isopropanol for 3 min. Fixed worms
were next incubated with 3 μg/mL Nile Red in 40% isopropanol for 30 min followed by
another M9 wash step to remove excess dye. Worms were loaded onto a 96-well plate
and Nile Red fluorescence was read at excitation 560 nm, emission 590 nm. Data were
normalized to worm number and protein levels.

2.7. RNA Isolation and Real-Time qPCR Gene Expression

RNA from 20,000 worms per treatment was isolated using Trizol solution followed
by chloroform extraction. cDNA was then synthesized from 1 mg of total RNA using
the Appled Biosystems’ High-Capacity cDNA Reverse Transcription Kit (Thermo Fisher
Scientific). Real-time PCR analysis was then performed using PerfeCTa SYBR Green
FastMix (QuantaBio, Beverly, MA, USA).

2.8. Feeding Behavioral Analysis

L1 worms were seeded on OP50-, HT115-, or HB101-spread NGM plates, or OP50-
spread 2x cholesterol NGM plates following MeHg treatment and were assessed 72 h
post-treatment for behaviors associated with nematode feeding; these include pharyngeal
pumping, locomotion, and the basal slowing response. For pharyngeal pumping, 10 worms
were transferred to fresh NGM/2x cholesterol NGM plates spread with the corresponding
E. coli diet and the number of pharynx pumps was counted for 30 s. Locomotion was
assessed by the body-bend assay: worms were plated on an unseeded NGM/2x cholesterol
NGM plate and scored for the number of forward-directed body-bends during a 30 s
timespan. The basal slowing response assay was used to measure dopamine-dependent
behavior that mediates the worm’s slowing movement to consume food. The basal slowing
response assay was performed as previously described [31]. The number of forward-
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directed body-bends was scored for worms placed either on NGM or 2x cholesterol NGM
plates seeded or unseeded with OP50, HB101, or HT115 E. coli. For all behavioral assays,
2x cholesterol plates were only used for experiments where worms were fed OP50 grown
on 2x cholesterol plates. These data are presented as the change in body-bends, calculated
by subtracting the number of body-bends of worms plated on E. coli-seeded plates from
the number of body-bends of worms plated on unseeded plates.

2.9. Glutathione Quantification

The 5,5′-dithiobis-2-nitrobenzoic acid–GSH disulfide reductase recycling method was
used to measure total intracellular glutathione (GSH) levels, as previously described [32]
in whole worm extracts from 30,000 worms.

2.10. Intracellular Reactive Oxygen Species Determination

Intracellular reactive oxygen species (ROS) were measured using 2,7-dichlorodi-
hydrofluorescein diacetate (DCFD), as previously described [33]. Briefly, 20 worms treated
with MeHg and fed on the test diet for 72 h were loaded onto a black 96-well plate and
treated with 25 μM DCFDA. Green fluorescence (excitation 490 nm, emission 520 nm) was
read immediately and subsequently every 30 min for 6 h.

2.11. Protein Oxidation Quantification

In this study, 2,4-dinitrophenylhydrazine (DNPH) labeling was used to measure
protein carbonylation, a type of protein oxidation, as previously described. Using Ya-
suda et al.’s method [34], 50,000 treated and test-diet-fed worms were sonicated in 5 mM
EDTA with protease inhibitors. Protein was precipitated out of solution using 20%
trichloroacetic acid and then incubated with 10 mM DNPH for 1 h. After excess DNPH
was washed off, samples were suspended in 6 M guanidine hydrochloride, loaded onto
a 96-well plate, and absorbance was read at 380 nm. Concentration of oxidized pro-
tein was calculated using Beer–Lambert’s law (molar absorptivity coefficient of DNPH is
21 mM−1cm−1). Data were normalized to total protein concentration.

2.12. Oxidative Stress Reporter Assay

Activation of the antioxidant response element was measured using the VP596 strain,
which expresses GFP under the control of the promoter for the SKN-1 target GSH S
transferase 4 (gst-4). SKN-1, the worm homolog of nuclear factor (erythroid-derived-2)-
like 2 (Nrf2), is a transcription factor that binds the antioxidant response element and
transcribes antioxidant genes in response to environmental insults. VP596 worms also
express RFP under the dop-3 promoter. L1 VP596 worms were treated with MeHg (10 or
20 μM) for 30 min, washed, and transferred to agar plates to be maintained for 72 h on
the different diets. Worms were then washed off the plates, loaded onto a 96-well plate,
and levels of RFP and GFP florescence were measured (RFP: excitation 544 nm, emission
590 nm; and GFP: excitation 485 nm, emission 520 nm). Antioxidant response element
activity was represented as GFP florescence divided by RFP florescence (normalization to
worm number).

2.13. Statistics

Statistical analyses were performed using Prism 8 software (Graphpad, San Diego,
CA, USA). Statistical analysis of significance was carried out either by Student’s t-test of
LD50 (Figure 1) or two-way analysis of variance (ANOVA) followed by Tukey’s multiple
comparisons test. Values of p < 0.05 were considered statistically significant.
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Figure 1. Diet affects MeHg toxicity. N2 worms were treated with increasing concentrations of MeHg for 30 min and then
transferred to NGM plates seeded with either OP50 or (A) HB101, (B) HT115, or (C) OP50 supplemented with cholesterol.
Dose–response survival curves were generated and LD50 values were calculated from five independent experiments.
*** p < 0.001 as compared with N2 MeHg-treated worms fed OP50.

3. Results

3.1. Bacterial Diet Affects MeHg Toxicity

As diet is a major environmental factor in health and disease development, we ex-
amined whether altering the strain of E. coli fed to wild-type N2 worms would affect
MeHg toxicity. The standard E. coli diet used in nematode culture is OP50. This strain was
originally selected due to its ability to form a thin, transparent monolayer, allowing for ease
of visualization of the worms under a microscope [35]. How well the OP50 strain emulates
the nutrition that a C. elegans worm would receive in the wild has not been accurately
determined. In addition to the standard OP50 diet, we selected two diets previously shown
to be lower in dietary lipids: HB101 and HT115 [36]. In comparison to OP50, worms fed
HB101 had ~20% fewer free fatty acids and 50% fewer triglycerides [36]. Furthermore, the
fatty acid content of triglycerides in worms fed HB101 contained ~50% fewer branched
fatty acids and significantly increased the monounsaturated fatty acid percentage in total
fatty acids than worms fed OP50 [36]. In comparison to worms fed OP50, worms fed
HT115 had ~50% less triglycerides but did not have significant differences in total free
fatty acid content or fatty acid content [36]. Similar to HB101, worms fed HT115 had
50% fewer branched-chain fatty acids in their triglycerides as compared to OP50 worms.
Feeding worms either HT115 or HB101 has no effect on the mean lifespan of C. elegans,
but does result in decreased basal fat storage of dietary lipids [36]. Lastly, we created a
high-cholesterol diet by feeding OP50 E. coli twice the standard cholesterol concentration
in NGM plates. We exposed N2 worms to increasing concentrations of MeHg, plated them
on the four different diets, and generated dose–response survival curves (Figure 1). Worms
fed either HB101 or HT115 were more resistant to the toxic effects of MeHg, exhibiting a
right-hand shift in their dose–response curves as compared to N2 fed OP50 (LD50s of 30.21
and 29.51 μM for HB101 and HT115, respectively, as compared to 20.43 μM for OP50). In
contrast, worms fed the 2x cholesterol OP50 diet were more sensitive to MeHg, showing
a left-hand shift in their dose–response curves, as compared to N2 fed OP50 (LD50 of
8.91 μM). These data suggest that a bacterial diet affects the toxicity of MeHg in nematodes.

3.2. Diet Did Not Alter Mercury Accumulation

Dietary components have been shown to affect the accumulation of MeHg; for exam-
ple, the amino acid methionine competes with MeHg for passage through the large amino
acid transporter into cells [12]. We therefore were interested in whether the differential
toxicity to MeHg among the worms fed the four diets was due to differential accumulation
of MeHg in the worms. N2 worms were treated with either 10 or 20 μM MeHg and plated
for 48 h on NGM plates that contained one of the four test diets. Levels of Hg in the
worms were quantified by inductively coupled mass spectrometry (ICPMS), as previously
described [37]. N2 worms fed either the HB101, HT115, or 2x cholesterol OP50 diet accumu-
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lated similar levels of Hg following the 10 or 20 μM MeHg treatments as compared to the
worms fed OP50 and treated with 10 or 20 μM MeHg (Figure 2). Worms treated with 10 μM
MeHg and fed HT115 appeared to have lower levels of Hg accumulation than worms fed
OP50 and treated with MeHg; however, this trend was not statistically significant. This
suggests that there was no difference in transport, accumulation, or elimination between
the worms fed the four diets that could account for the variance in the dose–response
curves seen in Figure 1.

Figure 2. Bacterial diet does not affect MeHg content in worms. Hg content was measured by ICP-
MS in worms fed OP50, HT115, HB101, or OP50+ cholesterol diets 48 h after MeHg treatment. Hg
levels are expressed as pg Hg/μg protein. Data represent four independent experiments. * p < 0.05,
** p < 0.01 as compared to untreated, OP50-fed control.

3.3. Bacterial Diet Altered Lipid Accumulation in Response to MeHg

We have previously shown that MeHg increases the triglyceride content of N2 worms
fed OP50 [10]. As HB101, HT115, and 2x cholesterol OP50 contained different lipid profiles
to OP50, we were interested in whether the worms would accumulate lipids in response
to MeHg at similar levels. L1 N2 were treated with 10 or 20 μM MeHg for 30 min, and
were allowed to feed on one of the four test diets and mature for 48 h before extraction of
triglycerides. MeHg dose-dependently increased the total triglyceride content in N2 worms
(Figure 3A–C). Triglyceride levels in the worms fed HB101 or HT115 were significantly
lower than those of the N2 worms treated with 20 μM (Figure 3A,B), while worms fed 2x
cholesterol OP50 contained significantly more triglycerides in response to 10 and 20 μM
MeHg than the worms fed OP50 (Figure 3C).

Figure 3. MeHg increases triglyceride content in worms fed a high-fat, but not low-fat, diet. Total triglycerides were
measured in lysates from N2 worms fed OP50 or (A) HB101, (B) HT115, or (C) OP50 supplemented with cholesterol 48 h
after MeHg treatment. Data are expressed as mean triglycerides mmol/μg protein ± SEM. All data are representative of
five independent experiments. * p < 0.05, ** p < 0.01, *** p < 0.001 as compared to untreated, OP50-fed control. Horizontal
bars represent comparisons between Hg-treated worms fed different diets.
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We next assessed whether a bacterial diet would affect intracellular lipid storage sites.
N2 worms were treated with MeHg, fed one of the four test diets, and, 72 h after exposure,
lipid storage sites were stained with Nile Red, as previously described [30]. Both 10 and
20 μM MeHg treatments increased lipid storage in N2 worms (Figure 4A–C). Worms that
were fed either the HB101 or HT115 diets showed decreased levels of lipid storage sites in
response to MeHg than worms fed OP50 (Figure 4A,B). However, worms fed OP50 with 2x
cholesterol showed increased lipid storage sites in response to MeHg compared to worms
fed OP50 with standard cholesterol levels (Figure 4C). Taken together these data suggest
that lipid accumulation in response to MeHg is altered by the lipid content of the diet.

Figure 4. MeHg-induced fat accumulation in worms fed high-fat, but not low-fat, diets. Worms were treated with MeHg for
30 min and placed on NGM plates containing OP50 or (A) HB101, (B) HT115, or (C) OP50 supplemented with cholesterol.
Then, 72 h after treatment, worms were fixed, stained with Nile Red, and fluorescence was measured. Data represent
mean Nile Red fluorescence normalized to worm number and protein content ± SEM from five independent experiments.
* p < 0.05, ** p < 0.01, *** p < 0.001 as compared with untreated, OP50-fed control. Horizontal bars represent comparisons
between Hg-treated worms fed different diets.

3.4. MeHg-Induced Pro-Adipogenic Gene Transcription Is Diet-Dependent

We have previously shown that MeHg induces the expression of several genes in-
volved in lipid accumulation and metabolic disease [10]. MeHg increases the expression of
cebp-1 (worm homolog of C/EBP) in worms fed OP50. C/EBP is a regulator of adipocyte dif-
ferentiation, hyperplasia (increase in adipocyte cell numbers), and hypertrophy (adipocyte
cell size) [38,39]. MeHg exposure increased the expression of cebp-1 in N2 worms fed OP50
72 h post-treatment as compared to untreated controls (Figure 5A). Worms fed with either
HB101 or HT115 showed significantly lower expression of cebp-1 than worms fed OP50.
However, cebp-1 expression levels were not significantly different between the worms fed
OP50 or OP50 with 2x cholesterol, suggesting that cebp-1 induction in C. elegans is not
dependent on the dietary cholesterol level.

Working in concert with C/EBP to induce adipocyte differentiation in mammals
is sterol response element binding protein (SREBP, sbp-1 in worms) [38,39]. We have
previously shown that sbp-1 expression is increased 24 h after MeHg treatment in worms
fed OP50. Here, we report that sbp-1 levels in response to 10 or 20 μM MeHg remain
elevated 72 h post-exposure in OP50-fed worms (Figure 5B). The expression of sbp-1
followed a similar trend as cebp-1 in the worms fed HT115 and HB101. These worms had
significantly lower expression of sbp-1 in response to MeHg than the OP50-fed worms. In
mammalian systems, the SREBP transcription factor is regulated by dietary cholesterol
levels; when there is low cholesterol, the transcription factor is active; however, when there
are high levels of cholesterol in cells, SREBP is degraded and the transcription factor is
inactivated [40]. Similar regulatory mechanisms are present in worms. Our data show
that worms fed OP50 grown on 2x cholesterol plates had no induction of the sbp-1 gene in
response to MeHg.
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Figure 5. MeHg-induced pro-adipogenic gene expression is dependent on diet. Worms were
treated with MeHg for 30 min and placed on NGM plates containing OP50, HB101, HT115, or
OP50 supplemented with cholesterol. Then, 72 h after treatment, levels of (A) cebp-1 (ortholog of
human C/EBP), (B) sbp-1 (ortholog of human SREBP-1), (C) fat-6 (ortholog to glycerol-3-phosphate
acyltransferase), (D) vit-2 were measured by quantitative PCR and normalized to tba-1 housekeeping
gene. Data are expressed as mean relative expression ± SEM from five independent experiments.
* p < 0.05, ** p < 0.01, *** p < 0.001 as compared to untreated OP50-fed control. Horizontal bars
represent comparisons between Hg-treated worms fed different diets.

Concurrent with the upregulation of adipogenic transcription factor sbp-1, MeHg
increased the expression of an sbp-1-responsive gene, fat-6, the worm ortholog of stearoyl-
CoA desaturase 1 (SCD). SCD is the rate-limiting step in the formation of monounsaturated
fatty acids and triglycerides. Due to its critical roles in in obesity and insulin resistance, SCD
is emerging as a potential therapeutic target for these conditions [41]. The transcription of
fat-6 is controlled by multiple transcription factors shown to be affected by MeHg, including
nhr-49 and sbp-1 [42,43]. As MeHg increases sbp-1 expression, it is expected that sbp-1 target
genes, such as fat-6 expression, would also change. Worms treated with MeHg and fed OP50
had increased expression of sbp-1 (Figure 5B) and increased expression of fat-6 (Figure 5C).
Likewise, worms fed HB101 or HT115 after MeHg treatment had decreased sbp-1 and fat-6
expression as compared to OP50-fed worms treated with MeHg. Furthermore, worms fed
OP50 raised on NGM plates containing 2x cholesterol did not display sbp-1 expression or
fat-6 expression, further confirming the relationship of cholesterol levels and sbp-1 activity
in response to MeHg in worms.

Finally, we examined whether diet affected lipid transport proteins in response to
MeHg in C. elegans. Vitellogenins (vit-1–vit-6) are yolk proteins with homology to human
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apolipoprotein B-100 [44] that deliver cholesterol to oocytes through a receptor-mediated
endocytosis mechanism mediated by RME-2, a member of the LDL receptor superfamily.
We have previously shown that the levels of vit-2 were increased by MeHg treatment
24 h post-exposure in N2 worms fed OP50 [10]. In Figure 5D, vit-2 is increased by MeHg
72 h post-exposure in OP50-fed worms. In worms fed HB101 or HT115, MeHg did not
induce vit-2 expression. Lastly, worms fed OP50 grown on 2x cholesterol NGM plates
had increased expression of vit-2 compared to MeHg-treated worms fed OP50 grown
on standard NGM plates. Overall, these data suggest that the different diets affected
lipid accumulation in the worms in response to MeHg, which were accommodated by a
compensatory modulation of lipid binding and transport proteins.

3.5. Feeding Behavior in Response to MeHg Is Dependent on Diet

Feeding in C. elegans is linked to specific neuronal activity. We previously showed that
MeHg, a known neurotoxin, increased feeding in worms as well as decreased locomotion
and dopaminergic behavior [10]. As we noted differences in fat accumulation between
worms fed the four test diets, we were interested in whether there were differences in
feeding behaviors. Worms were treated with MeHg and fed for 72 h with either OP50,
HT115, or HB101 spread on NGM plates or OP50 spread on 2x cholesterol NGM plates
prior to behavioral analyses. Food consumption was measured by the pharynx pump assay.
MeHg increased food consumption in worms fed OP50 seeded on standard NGM plates
(Figure 6). MeHg did not increase the rate of feeding of worms fed the HB101 or HT115
diets (Figure 6A,B). There was no statistically significant effect of NGM plate cholesterol
content on MeHg-induced food consumption; worms fed OP50 on either the standard or
2x cholesterol NGM plates had the same increase in pharynx pumps in response to MeHg
(Figure 6C).

Figure 6. MeHg increases feeding behavior in worms fed a high-fat diet, but not a low-fat diet. Worms were treated with
MeHg for 30 min and placed on NGM plates containing OP50 or (A) HB101, (B) HT115, or (C) OP50 supplemented with
cholesterol. Then, 72 h after treatment, food consumption was analyzed by the pharynx pump assay. Data are expressed as
means ± SEM from nine independent experiments. ** p < 0.01, *** p < 0.001 as compared with untreated, OP50-fed control.
Horizontal bars represent comparisons between Hg-treated worms fed different diets.

Locomotion and dopaminergic-dependent behavior were also investigated in MeHg-
treated worms 72 h following feeding on the four test diets. Previously, we showed that
MeHg decreases locomotion rates by measuring forward-directed body-bends [10]. In
comparing the four test diets, there was no significant difference in the rates of locomo-
tion in response to MeHg treatment in worms fed either HB101, HT115, OP50, or OP50
on 2x cholesterol NGM plates (Figure 7A). We next measured the change in body-bends
on bacteria vs. off bacteria (basal slowing rate, BSR). The BSR is a direct measure of
dopaminergic function, as worms deficient in dopamine production (cat-2 mutants) have
no difference in the rates of locomotion on NGM plates with or without a bacterial food
source [31]. Healthy N2 worms with functioning dopaminergic systems slow their lo-
comotion on NGM plates spread with bacteria as compared to NGM plates unseeded
with bacteria. MeHg is known to be toxic to dopaminergic neurons in mammals and in
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C. elegans [28,29,45,46]; we were therefore curious as to whether changing the worm’s
diet might protect the dopaminergic neurons from MeHg-induced dysfunction. BSR was
measured in worms treated with MeHg and fed one of the four test diets. MeHg decreased
the BSR in worms fed either of the four test diets, and there was no statistical difference in
the BSR between worms fed the HB101, HT115, or 2x cholesterol diets as compared to the
standard OP50 diet (Figure 7B). This suggests that while MeHg damages the dopaminergic
functioning in worms, dopaminergic behavior is not influenced by the bacterial diet strain
or cholesterol level.

Figure 7. Locomotive and dopaminergic function in response to MeHg are not affected by diet. (A) Locomotion behavioral
analysis was performed 72 h after MeHg treatment and feeding on the test diets. (B) Dopaminergic behavior was assessed
by the basal slowing response (BSR) performed 72 h after MeHg treatment and feeding on the test diets. * p < 0.05, ** p < 0.01,
*** p < 0.001 as compared with untreated, OP50-fed control.

3.6. Bacterial Diet Improves Measures of Oxidative Stress in Response to MeHg

Oxidative stress is a hallmark of MeHg exposure and can drive neurotoxicity and
metabolic alterations. Dietary components can quench ROS [47–50]. We therefore inves-
tigated whether altering the bacterial diet fed to worms could prevent oxidative stress
derived from MeHg treatment in C. elegans. Intracellular ROS were measured in worms
treated with MeHg and fed either HB101, HT115, or OP50 on standard NGM plates or
OP50 on 2x cholesterol NGM plates by DCFDA staining. MeHg increased intracellular
ROS in worms fed OP50 on standard NGM plates (Figure 8A). Worms fed OP50 seeded on
2x cholesterol plates had exacerbated ROS levels in response to MeHg. Worms fed either
the HB101 or HT115 diet had significantly less MeHg-induced ROS generation. These data
suggest that the dietary components in the different E. coli strains produced differential
oxidative stress in response to MeHg. ROS damages cellular biomacromolecules, leading to
lipid peroxidation and subsequent carbonyl protein adduct formation on cysteine, lysine,
and histidine amino acids through Michael addition chemistry. Levels of oxidized proteins
were measured using a DNPH colorimetric assay that quantified carbonyl adducts on
proteins in samples derived from lysates of N2 worms treated with 20 μM MeHg and fed
one of the four test diets. MeHg significantly increased the protein carbonyl content in
worms fed OP50 seeded on standard NGM plates, which was significantly decreased in
worms fed either HB101 or HT115 (Figure 8B). In contrast, worms fed OP50 seeded on 2x
cholesterol NGM plates had exacerbated protein carbonyl content as compared to worms
fed OP50 seeded on standard NGM plates.

We next investigated the worms’ ability to mount an antioxidant response to MeHg
following feeding with the test diets. GSH is the main intracellular thiol that is responsible
for maintaining the redox environment of the cell. MeHg readily binds free thiols, such
as those present on GSH. As previously observed [28], treatment with 10 or 20 μM MeHg
led to a 20% decrease in total GSH levels in worms fed OP50 seeded on standard NGM
plates (Figure 8C). Worms fed HB101 had significantly higher basal levels of GSH than
worms fed OP50. MeHg treatments decreased the levels of GSH in HB101-fed worms as
compared to untreated worms fed HB101; however, the levels of GSH in MeHg-treated
HB101 fed worms were significantly higher than those in OP50-fed MeHg-treated worms.
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Worms fed HT115 showed a minimal decrease in GSH in response to MeHg; however, in
comparing worms treated with MeHg, the HT115-fed worms contained more GSH than the
OP50-fed worms. Similar to the oxidized protein and intracellular ROS data, worms fed
OP50 seeded on 2x cholesterol plates had exacerbated GSH loss in comparison to worms
fed OP50 seeded on standard NGM plates.

Figure 8. Diet affects MeHg-induced oxidative stress. Worms were treated with MeHg for 30 min and placed on agar plates
spread with either OP50, HB101, Ht115, or OP50 supplemented with cholesterol. Measures of oxidative stress were assessed
24 h after MeHg treatment. (A) ROS levels were measured through DCFDA fluorescence. Data are expressed as mean
fluorescence ± SEM for 6 independent experiments (B) Protein carbonyl levels were measured and normalized to protein
content. Data are expressed as means ± SEM from 5 independent experiments. (C) Total GSH levels were measured and
normalized to protein content. Data are expressed as mean ± SEM from five independent experiments. (D) Quantification
of GFP fluorescence of VP596 transgenic worms expressing GFP under the gst-4 promoter. Data are expressed as means
fluorescence ± SEM from 5 independent experiments. * p < 0.05, ** p < 0.01, *** p < 0.001 as compared with untreated,
OP50-fed control. Horizontal bars represent comparisons between Hg-treated worms fed different diets.

Finally, we examined the effect of the different diets on the ability of the worms to
generate antioxidant defense proteins. Phase II metabolic genes and antioxidant defense
enzymes are regulated by the activity of the Nrf2 (Nuclear factor erythroid 2-related factor
2) (SKN-1 in C. elegans) transcription factor. MeHg is known to induce Nrf2 in cell culture
and in nematodes [51,52]. We used the VP596 strain, which expresses GFP under the
control of the promoter for the SKN-1 target gst-4. MeHg treatment significantly increased
the amount of GFP fluorescence in worms fed OP50 seeded on standard NGM plates
(Figure 8D), indicating increased SKN-1 activity. Worms fed either HB101 or HT115 had
significantly less GFP fluorescence in response to MeHg treatment than the OP50-fed
worms. This suggested that there was less oxidative stress, and therefore less SKN-1
activity, in HB101- and HT115-fed worms than in the OP50-fed worms. In contrast, worms
fed OP50 seeded on 2x cholesterol NGM plates had significantly more GFP fluorescence
in response to MeHg than worms fed OP50 seeded on standard OP50, suggesting the
presence of greater oxidative stress and SKN-1 activity.

4. Discussion

Herein, we demonstrate for the first time that the toxicity of MeHg in C. elegans is
dependent on the strain of E. coli used as a food source. MeHg is a known neurotoxic
agent that has long been understood to cause neurological changes and is emerging as a
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player in metabolic diseases. C. elegans is a useful model organism to study the effects of
the metabolic changes induced by MeHg because of its evolutionarily conserved fat and
sugar metabolic pathways [53]. We have previously shown that MeHg causes metabolic
alterations in C. elegans that lead to decreased nicotinamide adenine dinucleotide (NAD+)
cofactor levels, mitochondrial dysfunction, and oxidative stress [28]. We also found that
MeHg increases the transcription of cepb-1 (ortholog to human C/EBP), nhr-49 (ortholog to
human peroxisome proliferator activated receptor gamma, PPARγ), and sbp-1 (ortholog to
human sterol response element binding protein-1, SREBP-1), pro-adipogenic transcription
factors implicated in MS, as well as a number of other genes involved in lipid synthesis and
transport [10]. All of these findings were under the context that the worms were consuming
the standard OP50 E. coli diet. It was recently shown that feeding C. elegans dehydrated
dead OP50 significantly decreased the susceptibility of worms to MeHg [54]. These data
suggest that the diet fed to C. elegans is an important determinant of its susceptibility to the
toxic effects of MeHg.

MeHg enters the human body primarily through fish consumption. For decades,
studies of populations in the Seychelles, Faroe Islands, and Arctic Canada have followed
cohorts of individuals exposed to MeHg in their diet and have produced, at times, conflict-
ing data [55–57]. While there are multiple explanations for these discrepancies, from the
types of fish eaten, to co-contaminants (such as polychlorinated biphenyls, PCBs) and/or
genetic polymorphisms present in the populations, background diet composition has not
been fully taken into consideration in these comparisons. Our data show in worms that the
strain of E. coli can drastically alter the toxicity of MeHg independently of the amount of
MeHg that accumulates in the worm. The strains HB101 and HT115, which are lower in
triglycerides and free fatty acids than OP50 [36], conferred protection to worms from MeHg
lethality, lower fat accumulation and adipogenic gene transcription, and decreased levels
of oxidative stress than worms fed OP50. Conversely, worms fed OP50 supplemented with
excess cholesterol were more susceptible to MeHg and had increased lipid accumulation
and oxidative stress as compared to worms fed OP50 with a standard concentration of
cholesterol in the NGM. Recent data have shown that C. elegans in the wild eat a varied diet
comprising bacteria not only in the genus Escherichia, but also in the genera Sphingomonas,
Xanthomonas, and Methylobacterium [58]. These diets confer differences in lifespan, develop-
ment, reproduction, and gene expression [58]. It remains to be determined how feeding
any of these non-E. coli species to worms might affect the toxicity of MeHg.

Our data examining lipid accumulation and MeHg toxicity in the context of higher-
and lower-fat diets in C. elegans are in agreement with previous findings in rodents and
humans. KK-Ay type 2 diabetic mice, which have higher body fat than C57BL/6J mice,
had lower blood clearance of MeHg and increased neurological damage compared to
C57BL/6J mice [59,60]. Likewise, high-fat diets and MeHg were shown to result in similar
lipid and cholesterol accumulation and steatosis in the liver [61]. In a toxicokinetic study,
Rowland et al. fed mice either a standard diet or a synthetic diet that was high in protein
and low in fat. The mice fed the synthetic diet accumulated less Hg in their body than the
standard-pellet-fed mice [62]. However, it was unclear whether the effect of this synthetic
diet was due to the low fat, the high protein, or to both factors. Since Hg interacts with
multiple amino acids, such as cysteine, or is antagonized by methionine, the protective
effect that Rowland et al. observed may have been due to the amino acid content of the
synthetic diet.

MeHg has been shown to increase cholesterol levels in humans and rodents. MeHg has
been shown to inhibit paraoxonase activity, leading to increased low-density lipoproteins
(LDL) in an Inuit population that regularly eats fish [63]. Additionally, chronic exposure
to MeHg in wild-type and LDL receptor knockout mice causes hypercholesterolemia [64].
Our data support the notion that a diet rich in cholesterol potentiates the toxic effects
of MeHg on lethality and lipid accumulation. While we did not specifically measure
cholesterol levels in our worms following MeHg exposure and feeding on the 2x diet,
our gene expression analysis showed that high cholesterol levels were indeed achieved
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in the worms, allowing for the inhibition of sbp-1 transcription. SREBP1 (sbp-1 in worms)
is a transcription factor that upregulates steroid and cholesterol biosynthetic genes but is
inactivated and degraded under high cholesterol levels [40].

The central nervous system plays an important role in sensing nutrients and inte-
grating hormonal signals from the gastrointestinal tract and adipocytes to regulate caloric
intake and energy expenditure [65]. In humans, the hypothalamic–pituitary axis (HPA)
integrates hormonal signals including leptin, insulin, ghrelin, and adiponectin. The HPA is
especially vulnerable to neurotoxicants, such as MeHg, as the blood–brain barrier is weak
in certain areas, such as the arcuate of the hypothalamus, which produces neuropeptide
Y [66]. In vitro studies of hypothalamic neuronal cell lines treated with MeHg show in-
creased expression of neuropeptides pro-omiomelanocortin (Pomc) and Agouti-related
peptide (Agrp), key regulators of homeostasis [67]. Just as the CNS controls feeding and
energy expenditure, diet and nutrients can affect CNS function. Diet-induced obesity and
high-fat diets reduce dopamine release and reuptake, leading to disruption of the satiety
circuits between nucleus accumbens (NAc) dopamine terminals and projections to the
hypothalamus [68,69]. Long-term feeding of high-fat diets in mice depletes dopamine in
the NAc, which may contribute to the development of obesity [70]. Conversely, caloric
restriction in rats has led to increased dopamine and serotonin levels in the striatum and
increased leptin levels in the plasma [71].

The C. elegans nervous system shows simplified neuronal control of nutrient sensing.
Both humans and nematodes use dopamine, glutamate, and serotonin to control forag-
ing, locomotion, feeding, and nutrient sensing [72]. MeHg disrupts both dopamine and
glutamate signaling, while little is known about MeHg’s effects on serotonin. C. elegans
use dopamine signaling to sense food, increase turn frequency when leaving food, and for
defecation [31,73,74]. We have previously shown that MeHg decreases dopamine levels
and behaviors in C. elegans fed OP50, leading to decreased locomotion and deficits in
sensing the presence of food [28]. In our present study, we observed that MeHg decreased
dopaminergic activity in the worms independently of which bacterial strain or cholesterol
concentration was presented during the feeding. This was an unexpected result. Previously,
we have shown that supplementing worms with excess nicotinamide adenine nucleotide
can prevent dopaminergic damage in response to MeHg in C. elegans [28]. Since the low-fat
HB101 and HT115 diets were more protective for MeHg lethality and metabolic dysfunc-
tion, we hypothesized that there would be less dopaminergic damage. However, MeHg is a
well-characterized dopaminergic toxicant; the lipid level of the diet presented to the worm
was irrelevant. MeHg caused significant dopaminergic damage that was not prevented.

The physical act of feeding in nematodes is measured by the rate of pharyngeal
pumping. Serotonin regulates the pharynx muscles, allowing for food to be drawn through
the mouth upon muscle contraction [75]. Serotonergic neurons coordinate the action of the
cholinergic MC and glutamatergic M3 motor neurons that directly synapse on pharyngeal
muscle cells [76]. Glutamate is released from the M3 neurons and activates glutamate-
gated chloride channel AVR-15 expressed on pm4 and pm5 pharyngeal muscle cells,
leading to the modulation of the duration and frequency of pharyngeal pumping [76,77].
Mutants deficient in glutamate signaling lose the ability to terminate action potentials
on the pm4 and pm5 cells, resulting in a reduced pumping rate [78]. MeHg disrupts
glutamate signaling, leading to an increased glutamate concentration in the synapses and
neuronal excitotoxicity [79–81]. Therefore, disruption of glutamatergic signaling by MeHg
can negatively affect the rate of pharynx pumping. Previously, we have reported increased
feeding in response to MeHg in C. elegans fed OP50 [10]. In our present study, worms
fed HB101 or HT115 showed no increase in feeding in response to MeHg. This suggests
that there may have been less damage by MeHg to the glutamatergic or serotoniergic
neurotransmitter systems in HB101- and HT115-fed worms than in worms fed OP50.
Decreased feeding, as compared to OP50, may be one of the mechanisms by which the
low-fat diets protected the worms from lipid dysregulation in response to MeHg. It is
important to note that, basally, different bacterial species and bacterial strains can cause
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differential pharyngeal pumping in C. elegans [36,58]. Both HB101 and HT115 have been
shown in L4 and young adult worms to lead to significantly lower rates of pharyngeal
pumping as compared to worms fed OP50 [58,82,83]. Our data show no difference in basal
pharynx pump rate between worms fed OP50, HB101, or HT115. This may be due to our
use of older worms (adults ~72 h post L1 stage) than in previous reports. Our data also
show that the cholesterol concentration in the diet did not affect the pharyngeal pumping
rate basally or in response to MeHg. Worms fed OP50 grown on plates with 2x cholesterol
concentration had a dose-dependent increase in feeding similar to worms fed OP50 grown
on NGM plates with the standard cholesterol concentration.

While the nervous system is a key modulator of nutrient sensing, nutrients themselves
actively signal to neurons to regulate feeding behaviors. Nematodes and mammals express
neuropeptides that signal to neurons in response to the presence of nutrients. For example,
FLP-20 regulates glutamatergic neurons to degrade fat and induce autophagy following
starvation [84]. Nutrients send either feedforward or feedback modulation to the neurons
that control the pharyngeal pump rate to either increase or decrease feeding [85]. It is
unknown how these pathways are affected by MeHg exposure.

MeHg exerts many of its toxic and neurotoxic effects due to the induction of oxidative
stress. ROS generation following MeHg exposure can damage membrane lipids, leading
to lipid peroxidation, loss of membrane integrity, and dysfunction of neuronal signaling.
Likewise, oxidative stress following MeHg exposure can alter gene expression or directly
damage enzymes and transport proteins. Dietary factors can also influence ROS levels and
oxidative stress. In our study, ROS levels were increased in worms fed OP50 following
MeHg treatment and were exacerbated when worms were fed the 2x cholesterol diet.
This is in agreement with previous studies demonstrating that high-fat diets are linked
to increased oxidative stress, leading to mitochondrial dysfunction and additional ROS
production [86,87]. Oxidative stress induced by high-fat diets has been shown to be blocked
by dietary factors, such as yogurt, quercetin, geraniin (polyphenol derived from Nephelium
lappaceum L. fruit rind), and Terminalia arjuna extract, to name a few [47–50]. Indeed,
in our study, worms fed HB101 or HT115 following MeHg exposure had significantly
lower ROS production than the worms fed OP50. ROS can damage lipids, leading to
lipid peroxidation, and subsequently oxidizes proteins via a process known as protein
carbonylation [88]. We observed that protein carbonylation in our study was consistent
with our ROS production data. Worms fed OP50 following MeHg exposure had high levels
of protein carbonylation, which was exacerbated by feeding the worms the 2x cholesterol
diet. Conversely, worms fed the HB101 or HT115 diets following MeHg exposure had
lower levels of protein carbonylation as compared to worms fed OP50. MeHg depletes
cellular GSH, leading to a reduced capacity to buffer oxidative stress [89,90]. In C. elegans,
GSH was significantly decreased in worms fed OP50 or the 2x cholesterol diet following
MeHg treatment. Worms fed the HB101 or HT115 diet did not lose intracellular GSH
content following MeHg exposure. While this may have been the result of less oxidative
stress resulting from MeHg in the HB101- or HT115-fed worms, the bacterial strain fed to
the worms cannot be ruled out. While total protein content is not significantly different
between OP50, HT115, and HB101 [36], it remains to be determined whether the thiol
levels between the three strains are similar. As a final measure of oxidative stress, we
measured fluorescence from a GFP reporter strain that fluoresces upon activation of the
antioxidant response element. Worms fed the OP50 or 2x cholesterol diet had increased
induction of the GFP reporter in response to MeHg, suggesting high levels of antioxidant
gene induction. Worms fed HB101 or HT115 following MeHg had significantly lower
levels of GFP induction than worms fed OP50, corroborating that there were lower levels of
oxidative stress in response to MeHg in worms fed either of these lower-fat bacterial strains.

5. Conclusions

Altogether, our study demonstrates that dietary lipid content and cholesterol content
are major determinants in the response of C. elegans to MeHg. Worms fed diets low in
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lipids had reduced triglyceride and lipid accumulation in response to MeHg, ate less food,
and experienced less oxidative stress than worms fed the standard OP50 diet that was
higher in lipid content,. Conversely, worms fed a diet high in cholesterol had increased
triglyceride and lipid accumulation in response to MeHg, and experienced more oxidative
stress than worms fed the standard OP50 diet. Diet did not affect certain neurotoxicities in
response to MeHg, such as dopaminergic dysfunction; however, diet did affect the rate of
feeding. These data suggest that MeHg-induced lipid dysregulation and oxidative stress is
influenced by dietary factors, such as triglycerides and cholesterol, leading to metabolic
changes characteristic of obesity and metabolic syndrome.
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Abstract: Metal-on-metal (MoM) hip implants made of cobalt chromium (CoCr) alloy have shown
early failure compared with other bearing materials. A consequence of the abnormal wear produced
by these prostheses is elevated levels of cobalt in the blood of patients, which can lead to systemic
conditions involving cardiac and neurological symptoms. In order to better understand the implica-
tions for patients with these implants, we carried out metal content and RNA-Seq analysis of excised
tissue from rats treated intraperitonially for 28 days with low concentrations of cobalt. Cobalt blood
levels in dosed rats were found to be similar to those seen in some patients with MoM implants
(range: 4–38 μg/L Co in blood). Significant accumulation of cobalt was measured in a range of
tissues including kidney, liver, and heart, but also in brain tissue. RNA-Seq analysis of neural tissue
revealed that exposure to cobalt induces a transcriptional response in the prefrontal cortex (pref.
cortex), cerebellum, and hippocampus. Many of the most up- and downregulated genes appear to
correspond to choroid plexus transcripts. These results indicate that the choroid plexus could be
the brain tissue most affected by cobalt. More specifically, the differentially expressed genes show a
disruption of steroidogenesis and lipid metabolism. Several other transcripts also demonstrate that
cobalt induces an immune response. In summary, cobalt exposure induces alterations in the brain
transcriptome, more specifically, the choroid plexus, which is in direct contact with neurotoxicants at
the blood–cerebrospinal fluid barrier.

Keywords: metal-on-metal (MoM) hip implants; cobalt; systemic cobaltism; neurotoxicity; RNA-Seq; RT-qPCR

1. Introduction

Hip arthroplasty procedures successfully lead to the reduction in pain and improved
mobility in patients suffering from joint diseases such as osteoarthritis. However, a decade
ago, consultants and regulatory bodies reported their concerns over the failures of certain
models of metal-on-metal (MoM) hip implants, which resulted in the market withdrawal of
the Articular Surface ReplacementTM (ASRTM) hip implant from DePuy Orthopaedics [1].
Recently, these concerns have been extended to all MoM implant models as it has been
demonstrated that MoM implants induce adverse reaction to metal debris (ARMD), which
includes metallosis, pseudotumours, aseptic lymphocytic vasculitis associated lesion (AL-
VAL), and even necrosis [2]. The metal debris is released from the bearing surface, and
the taper junction in the case of the total hip replacements (THR), due to wear and cor-
rosion of the metallic parts [3]. Metal ions eventually dissolve and are released into the
bloodstream [4]. Co and Cr metal ions in blood are indicative of implant failure and tests
for metal ion concentrations should be performed for all patients with MoM implants in
the UK according to the MHRA updated guidelines [5]. The European Commission also
recommends the monitoring of metal ion levels for MoM implant patients [6].

Neurological conditions thought to be caused by high levels of cobalt ions in blood
have been demonstrated in several clinical reports in relation to patients with MoM im-
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plants [7–11]. These involve a range of symptoms such as cognitive decline, memory loss,
and mood disturbances, in addition to other visual and auditory issues and peripheral
neuropathy. There is little information about the actual effects of cobalt in the peripheral
and the central nervous system, and the most appropriate response to diminish patients’
symptoms to date is to remove the implant as the source of cobalt ions through revision
surgery [8,12,13]. However, the recovery process from cobaltism is not well documented
and there is no unified action considered appropriate to treat these patients. Our lack of
knowledge on cobalt actions in the body extends further since we also fail to consider the
implications for asymptomatic patients with high levels of cobalt in the blood [14].

The effects of cobalt have been extensively researched in vitro with models such as
astrocytes [15,16], neurons [17–21], and glial cells [22,23], which are valuable tools to un-
derstand the modes of action of cobalt toxicity in the brain. Nevertheless, the nature of
in vitro work requires highly controlled experimental conditions, and this can diminish an
organism’s complexity. Previous toxicogenomic analyses have demonstrated that in vitro
systems fail to fully represent relevant processes occurring in rat liver tissues in vivo after
exposure to toxic compounds [24]. Molecular and functional events occurring in vivo at the
tissue and organ levels could be crucial mechanisms in the physiological response to cobalt.
In this sense, transcriptomic applications have already been proven to be effective in toxi-
cology, not only by understanding the mechanisms, but also by finding early end-points for
the detection of toxicity and identification of biomarkers [25]. However, most in vivo cobalt
studies have focused on the study of reactive oxygen species and the expression of hypoxia
markers. Pregnant female rats dosed orally with 350 mg/L delivered pups with impaired
levels of antioxidant proteins in the cerebrum and cerebellum [26]. Caltana et al. observed
that the direct cortical injection of cobalt led to histological changes consistent with focal
ischaemia involving neuronal and astrocyte morphological changes [27]. Another group
applied cobalt dust directly into the dura mater [28] and discovered an elevated expression
of proteins involved in thyroid transport and regulation of glycolysis. Nevertheless, it is
difficult to establish the relevance of these studies for patients with MoM implants due to
the high dosage of cobalt used in the animals, the different types of cobalt delivery methods,
and the missing information on the resulting cobalt concentrations in blood or plasma. Our
research mimicked the conditions that MoM implant patients endure to obtain a better
representation of relevant cobalt toxic mechanisms for them.

The aim of this in vivo work was to identify how cobalt accumulated in tissues af-
ter long-term systemic circulation, and specifically answer whether cobalt concentration
increased in the brain. For that, we carried out comprehensive time- and dose-response
experiments to cobalt treatment. We also sought to understand the underlying molecular
changes in the brain at the transcriptional level in laboratory rats after prolonged dose-
response exposure. Research on MoM cobalt-induced systemic toxicity is scarce and to
our knowledge, there have been few publications addressing neurological manifestations
in vivo. We hope to generate and test hypotheses through RNA-Sequencing (RNA-Seq) to
gain mechanistic insights into the modes of action of cobalt.

2. Materials and Methods

2.1. Experimental Animals and Research Design

Experiments were performed in adult male Sprague Dawley (SD) rats obtained from
Charles River (UK). The body weight range at the start of the experiments was 210–280 g.
Food and water were provided ad libitum. Their body weight and general aspects of health
were monitored daily.

Freshly-made cobalt chloride hexahydrate (CoCl2.6H2O; Sigma-Aldrich, Dorset, UK)
solutions dissolved in distilled water (dH2O) and dH2O were sterilised through a 0.22 μm
syringe-driven filter (Merck Millipore, Watford, UK).

Two separate in vivo experiments were performed successively. The first experiment
was a time-response experiment in which a 7-day cobalt treatment was compared against a
28-day treatment at a fixed cobalt dose. Animals were treated daily with either 1 mL/kg
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body weight dH2O (controls) or 1 mg/kg body weight (BW) CoCl2 doses injected i.p.
(treated groups). The second in vivo experiment was a dose-response experiment. The
animals were given 1 mL/kg dH2O i.p. in the case of the control group, or a range of cobalt
solutions- 0.1, 0.5, or 1 mg/kg BW i.p. injections for 28 days. Figure 1 depicts the sample
size and design information diagrammatically.

Figure 1. Design of in vivo time- and dose-response experiments showing group distribution and
sample size. All injections, both control and Co-treated rats, were carried out intraperitonially.

2.2. Sacrifice of Animals and Tissue Harvest

At the end of the exposure time, animals were killed by carbon dioxide (CO2) asphyxi-
ation in a CO2 chamber. Each organ or brain part was dissected separately, weighed, and
sections of tissue were stored appropriately to preserve its metal content and molecular
RNAs. Blood samples were collected through cardiac puncture immediately before death
and mixed with 200 μL of heparin (1000 IU/mL diluted 1:10; Sigma-Aldrich, Dorset, UK)
to avoid clotting.

2.3. Tissue Cobalt Content Measured by ICP-MS

Quantification of cobalt content in all organs was obtained via inductively coupled
plasma mass spectrometry (ICP-MS) analysis. For this, 100 mg of tissue from each or-
gan/area of interest was taken and stored at −80 ◦C until further sample digestion. To
obtain a liquid solution of the samples suitable for metal detection, 0.5 mL concentrated
nitric acid was used per sample (HNO3; TraceSELECTTM Ultra, Sigma-Aldrich (Fluka),
Dorset, UK) followed by 0.25 mL 30% hydrogen peroxide (w/w) (H2O2; Sigma-Aldrich,
Dorset, UK). Each reagent was to left act for 20 min at 100 ◦C in a hot block to ensure the
decomposition of the matrix. A quantity of 0.25 mL was transferred together with 9.75 mL
ultrapure water into acid-washed tubes to avoid trace metal contamination. Standard
dilutions were prepared from Cobalt Standard for atomic absorption spectrometry stock
(TraceCERT®, Sigma-Aldrich (Fluka), Dorset, UK). The 1:40 dilution samples were serially
introduced to the Agilent 7700× octopole collision ICP-MS system (Agilent Technologies,
Cheadle, UK). Scandium or indium was used as the internal standard and data were
obtained from the maximum signal with the ICP-MS operating in helium mode.
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2.4. RNA Extraction

2.4.1. Isolation of RNA

To reduce RNA degradation, 50 or 100 mg from specific segments of brain tissue were
dissected and placed in RNase-free tubes with 0.5 mL of RNAlater (Ambion, Life Technolo-
gies, Paisley, UK). RNase-free aerosol-resistant filter tips were used for all pipetting steps.
Tissues were further cut into thin pieces and completely submerged in the stabilisation
solution for overnight storage at 4 ◦C. RNAlater reagent was removed the next day and the
tissues were frozen at −80 ◦C until RNA extraction.

Tissue was then resuspended in 1 mL QIAzol lysis reagent (Qiagen, Crawley, UK)
and a cone ball steel bead was placed inside the tube. The tissue was disrupted with a
horizontal Retsch MM200 Mixer Mill (Retsch GmbH, Haan, Germany) set at 30 Hz for
1 min intervals (×3). The lysate was transferred to another tube with 4 mL of QIAzol
lysis reagent and the contents vortexed. The pre-processed samples were further prepared
according to the protocol of the RNeasy Plus Universal Midi Kit (Qiagen, Crawley, UK).

2.4.2. Quality Check of RNA Samples

RNA purity characterised by the ratio of the absorbances 260/280 nm and 260/230 nm
as well as nucleic acid concentration were quantified with a Nanodrop-2000c spectropho-
tometer (Labtech International, Heathfield, UK). Sample integrity was assessed through
microfluidic chip-based analysis (Experion RNA StdSensChip; Bio-Rad, Watford, UK) in
the Experion Automated Electrophoresis System (Bio-Rad, Watford, UK) and evaluated
with the RNA Quality Indicator (RQI) number [29]. The results of these analyses for pref.
cortex, cerebellum, and hippocampus are displayed in Tables S1–S3, respectively, in the
Supplementary Materials.

2.5. RNA Sequencing (RNA-Seq)

2.5.1. Sample Pooling for RNA-Sequencing

To reduce the RNA-Seq costs, four biological samples for each comparison group were
pooled into a single sample. The necessary volume from each sample was adjusted to
obtain an RNA quantity of 5–20 μg depending on the brain area yield. The individual
sample volumes were pooled into the corresponding RNase-free tubes for each group and
the final contents were briefly vortexed.

2.5.2. RNA-Sequencing Analysis by BGI

RNA-sequencing of the pooled samples was performed by BGI Tech Solutions
(Hong Kong, China) Co. Ltd. using a BGISEQ-500 sequencing platform with depth of
20 million base pairs (Mb) clean reads per sample and a 50 single-end bases (50SE) read
length. Filtering of clean reads and their mapping to the UCSC rn6 rat reference genome
were carried out by BGI, in addition to the quantification of gene fold-change.

2.5.3. Gene Ontology (GO) and KEGG Pathway Enrichment Analysis

Further bioinformatic analyses such as hierarchical clustering or generation of Venn
diagrams were performed in MATLAB software (The MathWorks Inc. Natick, MA, USA.
Release R2021a Update 5, 9.10.0.1739362). The software tool Cytoscape and its plugin
ClueGO were used to conduct the Gene Ontology analysis of the DEGs [30,31]. ClueGO
allows for a comparison to different reference ontology sets such as Molecular Function (GO
MF; 8 April 2016), Biological Process (GO BP; 8 April 2016), and Cellular Component (GO
CC; 8 April 2016), which describe specific gene function and cellular location aspects of gene
activity as well as the Kyoto Encyclopaedia of Genes and Genomes (KEGG; 14 June 2016)
for the specific enrichment of known pathways. Additionally, other online software was
used to create protein–protein interaction (PPI) networks of gene-protein products: STRING
(https://string-db.org/) [32] (last accessed: 24 December 2020).
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2.6. Quantitative Real-Time Polymerase Chain Reaction (RT-qPCR)

Real-time quantitative PCR (RT-qPCR) was used to obtain the expression of genes of
interest in individual samples in order to validate the RNA-Seq results from the pooled
samples. All RT-qPCR experiments were performed in accordance with the minimum
information for the publication of quantitative real-time PCR experiments (MIQE) guide-
lines [33]. The checklist for RT-qPCR assays performed with samples from the in vivo
experiments is fully displayed in Table S4 in the Supplementary Materials.

The LunaScript RT SuperMix Kit (New England Biolabs, Hitchin, UK) was utilised to
generate cDNA for the dose-response experiment samples. To each RT+ or RT- reaction,
enough volume of each sample was added to attain 1 μg RNA in each tube. The thermal
cycler (Model 480, Perkin Elmer, Warrington, UK) was pre-heated at 25 ◦C, and primers
were allowed to anneal for 2 min at this temperature, continuing at 55 ◦C for cDNA
synthesis during 10 min, and the final RT inactivation at 95 ◦C for 1 min. After cooling
down the samples, the cDNA samples were stored at −20 ◦C until further use for RT-
qPCR reactions.

The primer sequences were designed to span an intron or exon–exon junction through
the NCBI Primer-BLAST tool (https://blast.ncbi.nlm.nih.gov/Blast.cgi) to selectively am-
plify cDNA (last accessed: 3 March 2020). The primer design criteria followed is displayed
in Table S5 in the Supplementary Materials. Oligos were synthesised and purchased from
Integrated DNA Technologies (IDT, Leuven, Belgium). The genes with their accession
number and primer sequence, amplicon length, and melting temperature are presented in
Table S6.

PCR experiments were performed with triplicate RT+ per sample, one no-reverse
transcriptase control (RT-) per sample, and one no-template control (NTC) per gene and
with the corresponding reference gene controls. The SYBR Green detection method was
used for the detection of amplification with the kit PowerUpTM SYBRTM Green Master
Mix (Applied Biosystems, Thermo Fisher Scientific, Paisley, UK). The forward and reverse
primers (10 pM/μL) and molecular-grade water were mixed with Master Mix (2×). Samples
consisting of 1 μL cDNA were pipetted into MicroAmp Fast Optical 96-well reaction plates
(Applied Biosystems, Paisley, UK) with the previous mix to a final volume of 20 μL per
well. The specific thermal cycling parameters (Table S7) were set according to the optimised
PowerUpTM SYBRTM Green Master Mix for fast cycling mode in the StepOnePlus Real-Time
PCR system (Applied Biosystems, Paisley, UK). At the end of the cycling process, a melt
curve was produced and inspected for the occurrence of primer dimers, misprimes, and
possible contamination of genomic DNA.

The method used to calculate the relative fold-change was the comparative CT method [34],
with CT being the threshold cycle detected over the 40 run cycles. For gene normalisation,
the expression of typical brain reference genes Ywhaz, Tbp, and Pes1 was studied. Primer
sequences are shown in Table S8. After quantification, the RefFinder web-based tool:
https://www.heartcure.com.au/reffinder/ [35] was used to define the most stable reference
gene for each tissue (last accessed: 2 March 2020). Full results of RefFinder analyses for
each tissue are shown in Figures S1 and S2 in the Supplementary Materials.

2.7. Statistics

Shapiro–Wilk and Levene’s tests were used as preliminary methods to evaluate data
normality and homogeneity of variances, respectively. Independent samples t-test was
performed to establish statistical comparisons between the two groups (i.e., control and
treatment groups). For statistical comparisons between more groups, the tests selected
were one-way analysis of variance (ANOVA) together with the Dunnett’s post-hoc test.
Statistical significance was declared when p-value < 0.05. The statistical software used was
IBM SPSS Statistics 25 (IBM Corp. Armonk, NY, USA. Released 2017. IBM SPSS Statistics
for Macintosh, version 25.0).
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3. Results

3.1. Cobalt Accumulates in Organs and in Different Brain Structures

Figure 2 displays cobalt accumulation in all tissues tested and blood after 7- and 28-day
treatments. ICP-MS results reveal that kidney, liver, and heart incorporated the highest Co
content among the rats’ organs in that order. After 28 days, pref. cortex, cerebellum, and
hippocampus assimilated significant amounts of cobalt (p < 0.01, compared with the control
rats). This was not the case for the 7-day treatment. Co levels detected in blood from the
treated rats by ICP-MS were within the range found in MoM patients. After 28 days, Co
detected in rat blood was 27.14 ± 2.70 μg/L compared with the average levels of 1–2 μg/L
reported in MoM hip resurfacing patients [36]. The maximum cobalt concentration found
in a patient with a THR prosthesis was 6521 μg/L [37].

Figure 2. Cobalt content in SD male rats’ tissues (ng/g) and blood (μg/L) at 7- and 28-days of
daily i.p. CoCl2 injection treatment as assessed by ICP-MS analysis. Control groups were instead
injected with distilled water following the same procedures. Figure presents mean ± SEM calculated
from n = 3 samples in control groups (dH2O) and n = 6 in treatment groups (1 mg/kg B.W. CoCl2).
* significantly different between control group and treatment group at a given time-point as assessed
by two sample t-test (p < 0.05).

Several tissues in Figure 2 presented increased cobalt accumulation from 7- to 28-days,
indicating possible cobalt time-dependent accumulation in the heart, liver, kidney, spleen,
pref. cortex, and blood. However, many of the control samples in the 7-day treatment
indicated high levels of cobalt (heart, liver, kidney, lung, spleen, testes, pref. cortex, and
cerebellum). This augmentation is likely an artefact of ICP-MS measurements. For values
closer to the Co detection limit, it could be that cobalt content is pushed to higher values.
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Figure 3 shows the cobalt content detected by ICP-MS in all organs after 28 days
of cobalt dose-treatment: 0.1, 0.5, and 1 mg/kg B.W. CoCl2. This metal content analysis
revealed an incremental accumulation of cobalt concentrations in tissues with increased
doses. Thus, there is a dose-response accumulation of cobalt, which was significant after
0.5 mg/kg B.W. CoCl2 in most tissues. Kidney, liver, and heart in that order accumulated
most cobalt in line with the time-response experiment trend (Figure 2). The pref. cortex
and hippocampus also accumulated significant levels of cobalt (p < 0.01). The same issue
was observed with regard to the offset in the control samples, which were closer to the
detection limit of the ICP-MS due to their low cobalt content. This effect became obvious in
the case of the cerebellum control group.

Figure 3. Organ cobalt content (μg/g, tissue; μg/L, blood) obtained by ICP-MS after tissue and blood
collection. SD male rats were treated with dH2O (control group) or different doses of CoCl2: 0.1, 0.5,
and 1 mg/kg B.W. Animals were dosed daily with i.p. injections for 28 days. Each group presents
mean ± SEM from n = 4 rats, and * significant differences in control and treatment means as tested by
one-way ANOVA (p < 0.05).

3.2. The Transcriptional Response to the Cobalt Doses Selected Is Non-Proportional

The cobalt tissue content measured through ICP-MS determined that the pref. cortex
and hippocampus of 0.5 and 1 mg/kg BW CoCl2-treated groups had significantly greater
accumulated cobalt compared to their control groups (Figure 3). However, to evaluate
whether the incremental dose cobalt treatment resulted in a progressive transcriptomic
response, the number of genes was plotted for all brain areas and the three cobalt treatments:
0.1, 0.5, and 1 mg/kg B.W. CoCl2 in Figure 4 (threshold = |fold change| > 2). Although
the number of DEGs progressively increased in the hippocampus, there was no clear
dose-response in terms of the number of DEGs in the pref. cortex and cerebellum.
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Figure 4. Number of upregulated (red) and downregulated (blue) DEGs (cutoff |fold change| > 2
only) in the pref. cortex, cerebellum, and hippocampus according to cobalt dose treatment: 0.1, 0.5,
and 1 mg/kg B.W. CoCl2. Animals were dosed i.p. daily for 28 days with those doses or dH2O. Data
were extracted from RNA-Seq experiments in which n = 4 samples were pooled to obtain n’ = 1,
except in the case of the hippocampus treatment group 0.5 mg/kg B.W. CoCl2, where n’ = n = 3 as
well as for 1 mg/kg B.W. CoCl2 where n’ = n = 1.

Figure 5 shows the Venn diagram of DEGs found in the pref. cortex, cerebellum, and
hippocampus. The diagram intersections display common DEGs between groups, with
the pref. cortex and hippocampus demonstrating a higher number of common genes than
the cerebellum for every dose. Although the number of overlapping genes between brain
areas indicate that the hippocampus, cerebellum, and pref. cortex are all part of the same
tissue (i.e., the brain), the different DEGs also point towards regionalised areas with specific
functions. It can also be appreciated that there were few differences in the number of
common genes between CoCl2 dose regimes. Moreover, it was not possible to identify
sets of DEGs that followed a dose-response fold change after hierarchical clustering of
the common genes (Figure S3). Thus, we can conclude that the number and range of the
doses used does not prompt a dose-response. This does not mean that the transcriptional
response elicited is not relevant.

3.3. Global Transcriptional Response in the Pref. Cortex and Hippocampus

To further explore the effects on gene expression according to the dosage, this study
focused on common DEGs for tissues with significant metal content accumulation. Ac-
cording to the results from the ICP-MS analyses, these tissues are the pref. cortex and
hippocampus of rats dosed with 0.5 and 1 mg/kg B.W. CoCl2 (Figure 3). The result of this
hierarchical clustering is displayed in Figure 6. The gene enrichment analysis of these genes
generated with Cytoscape is displayed in Table 1. Several GO terms of importance involved
in immunity and hormone activity could be observed. In addition, the protein–protein
interaction (PPI) of DEGs–protein products was created to observe the possible links be-
tween the overlapped DEGs (Figure 7). The immune axis centred around interleukin-6
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(IL6) was clearly separated from other clusters related to growth factors and hormone
activity as well as some UDP-glucuronosyltransferases, specifically UGT enzymes that
are involved in glucuronidation. Another cluster of interest reflected on the PPI is the
glycosylphosphatidylinositol (GPI) anchor biosynthesis.

Figure 5. Venn diagrams showing the number of overlapping DEGs between the pref. cortex,
cerebellum, and hippocampus at the different cobalt treatment doses: 0.1, 0.5, and 1 mg/kg B.W.
CoCl2. Rats were treated by daily i.p. injection for 28 days. DEGs were obtained through RNA-
Seq by comparing the brain parts’ mRNA abundance of the treatment groups against the controls
(dH2O-treated).

Figure 6. Hierarchical clustering of DEGs from brain tissues with significant accumulation of cobalt:
the pref. cortex and hippocampus from rats treated with 0.5 and 1 mg/kg B.W. CoCl2. DEGs were
obtained from RNA-Seq comparing the RNA isolated from those tissues with those of controls treated
with dH2O. Condition applied is for fold change to be over 2. Upregulated genes are shown in red
while downregulated are displayed in blue. Hierarchical clustering and resulting dendrogram were
generated with Euclidian distance. Samples analysed through RNA-Seq were pooled (n’ = 1) from
n = 4 pref. cortex samples, n = 3 in hippocampus from 0.5 mg/kg B.W. CoCl2 treatment group, and
n = 1 from 1 mg/kg B.W. CoCl2 treatment group.
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Table 1. Enriched GO terms obtained from DEGs of the pref. cortex and hippocampus in response
to cobalt treatment with 0.5 and 1 mg/kg B.W. CoCl2 compared to control animals (dH2O). Rats
were dosed for 28 days with i.p. injections. GO terms annotated were significantly enriched with
p < 0.05. GO terms enriched belong to the Molecular Function (MF; 8 April 2016), Biological Process
(BP; 8 April 2016), Cellular Component (CC; 8 April 2016), and KEGG (14 June 2016) GO databases.

Gene Ontologies (GO) and GO Terms
Number of Genes with Annotations in

the Ontology (%)
Number of Genes Represented in GO

Terms (%)

Biological Process (BP) GO terms
(8 April 2016)

194 (72.12%) 93 (34.57%)

Regulation of hormone levels
Afp, Bco1, Bik, Cga, Cyp11a1, Cyp17a1, Fam3b, Ffar2, Fga, Fgf23, Gh1, Ghrh, Ghrhr, Il6,

Nr0b2, Nt5c1b, Pax8, Slc30a8, Slco1a5, Sult1e1

Response to interleukin-6 Crp, Fga, Fgf23, Ghrh, Hamp, Il6, Pck1

T-helper 17 cell lineage commitment Batf, Il6, Ly9

Response to vitamin Cyp11a1, Fgf23, Folr1, Hamp, Orm1, Otc, Sult2a1, Tshb

Response to pH Acer1, Gh1, Gja3, Kcnk18, Pck1

Response to interleukin-1 Ccl21, Ccl25, Cyp11a1, Il6, Mmp3, Pck1, Slc30a8

Cell chemotaxis Ccl21, Ccl25, Ccr6, Cxcl13, Cxcl9, Cxcr2, Ffar2, Hrg, Stap1

Organ formation Folr1, Foxh1, Gdnf, Ntf4, Pax8

Cell fate commitment Batf, Elf5, Gata5, Gsx1, Gsx2, Il6, Ly9, Myl2, Ntf4, Olig3, Sostdc1

Molecular Function (MF) GO terms
(8 April 2016)

185 (68.77%) 60 (22.3%)

Cytokine receptor binding Bmp10, Ccl21, Ccl25, Cxcl13, Cxcl9, Gh1, Il6, Inhbc, Ntf4, Stap1

Heparin binding Ang2, Comp, Cxcl13, Hrg, Mcpt4, Serpind1, Wisp3

Growth factor activity Areg, Bmp10, Fgf23, Gdnf, Il6, Inhbc, Ntf4

Steroid binding Comp, Crp, Cyp11a1, Fabp1, Sult1e1, Ugt1a1

Hormone activity Bmp10, Cga, Gh1, Ghrh, Gpha2, Hamp, Inhbc, Pyy, Rln3, Tshb

KEGG terms (14 June 2016) 97 (36.06%) 29 (10.78%)

Steroid hormone biosynthesis Cyp11a1, Cyp17a1, Cyp2c7, Cyp3a23/3a1, Sult1e1, Ugt1a1, Ugt2b17

Hematopoietic cell lineage Cd19, Cd3g, Cd8a, Fcer2, Il1r2, Il6

Cellular Component terms
(8 April 2016)

216 (80.3%) 18 (6.69%)

External side of plasma membrane Cd19, Cd8a, Cxcl9, Fcer2, Fga, Folr1, Hyal5, Il6, Itgad, Trpm8

To better observe genes possibly involved in cobalt toxic mechanisms, the DEGs
expressed over 2-fold change from the pref. cortex and hippocampus were plotted, as
shown in Figures 8 and 9, respectively. For display purposes only, DEGs with a significance
threshold <0.05 obtained from the Poisson distribution and provided in the original RNA-
Seq data are shown. These are displayed as arranged by hierarchical clustering analyses
of the DEGs (dendrogram not shown). Figure 8 displays the common genes of the pref.
cortex across the three doses, and presents several genes whose proteins have a role in
inflammation and immunity such as Crp, Tnf, and Cxcl13. Figure 9 shows significant DEGs
of the hippocampus over 2-fold change. Surprisingly, there are several markers attributed
to the choroid plexus such as Clic6, Ttr, Kl, Col8a1, and others [38–40].

148



Toxics 2022, 10, 59

Figure 7. Protein–protein interaction (PPI) network obtained from the STRING web tool by analysing
DEGs as their protein products. DEGs were obtained from RNA-Seq analyses of the pref. cortex and
hippocampus from rats treated with 0.5 and 1 mg/kg B.W. CoCl2 against controls treated with dH2O
for 28 days of i.p. injections. The following terms/keywords have been highlighted: cellular response
to interleukin-6 (blue), regulation of hormone levels (purple), chemokine receptors bind chemokines
(yellow), blood coagulation (red), UDP-glucuronosyltransferase activity (pink), growth factor activity
(green), and post-translational modification: synthesis of GPI-anchored protein (cyan). The thickness
of links between nodes represent the confidence in the interaction, only nodes connected with high
confidence (0.7) are displayed.
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Figure 8. DEGs obtained from the comparison of pref. cortex from rats dosed with 0.1, 0.5, and
1 mg/kg B.W. CoCl2 against the control group (dH2O). Animals were treated for 28 days with daily
i.p. injections. DEGs displayed were obtained from the RNA-Seq analysis of pooled samples (n’ = 1
from n = 4 samples per group). Fold-change gene expression is indicated by colour, as described by
the bar in the right side, upregulated genes are displayed in red while downregulated are blue. Genes
are displayed as determined by the hierarchical clustering of DEGs over 2-fold-change (p < 0.05 from
RNA-Seq Poisson distribution), dendrogram not shown (Euclidian distance).

A number of genes were evaluated via RT-qPCR according to their high expression
level in RNA-Seq data as well as their function. The genes selected were Tnf, Spata18, Ttr,
and Akap14 in the pref. cortex and Kl in the hippocampus (see Figures S4 and S5 in the
Supplementary Materials). In general, the RT-qPCR gene expression results agreed with
the RNA-Seq data, and the fold expression of evaluated DEGs from RNA-Seq and RT-qPCR
in this study did correlate. This is consistent with previous high-throughput comparisons
between the two technologies [41] as well as research with pooled samples [42]. Thus, it
was considered that the RT-qPCR results validate the RNA-Seq results.
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Figure 9. DEGs expressed in hippocampus of rats treated via i.p. with daily injections of 0.1, 0.5, and
1 mg/kg B.W. CoCl2 or dH2O (control groups) for 28 days. Pooled samples (n’ = 1 from n = 4 samples
in group 0.1 mg/kg B.W. CoCl2, n = 3 from 0.5 mg/kg B.W. CoCl2, and n = 1 from 1 mg/kg B.W.
CoCl2 group) were analysed through RNA-Seq and data are presented as the result of hierarchical
clustering. DEGs in the graph are only those with fold-change >2 and p < 0.05 from RNA-Seq Poisson
distribution, dendrogram is not shown. Colour bar presents fold-change: upregulated genes in red
and downregulated genes in blue.

4. Discussion

4.1. Metal Distribution Pattern Is Consistent with Previous Research and Cobalt Accumulates
Significantly in the Brain

Figure 2 shows that there is a time-dependent cobalt accumulation trend in most
tissues. This time-dependent trend might indicate that the longer cobalt levels remain
elevated in blood, with a higher deposition of cobalt in nearly all organs tested, particularly
in the heart, liver, and kidney. The accumulation of cobalt in most organs also appears to
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be proportional to the dose used, as displayed in Figure 3. In addition, cobalt levels were
significantly increased in the pref. cortex and hippocampus of rats dosed with 0.5 and
1 mg/kg B.W. CoCl2 at 28 days.

The liver, kidney, and heart accumulated more metal than other organs (Figures 2 and 3),
which correlates with cobalt organ concentration in humans following cobalt radioisotope
distribution [13]. This cobalt distribution follows the same pattern as previous experiments
conducted by this research group [43,44] and other teams investigating cobaltism [45].
Most cobalt is excreted through urine [13,46], and given that both kidney and liver are
involved in toxin and waste detoxification, it is not surprising that cobalt is predominantly
concentrated in these tissues.

With regard to the cobalt in blood after the 28-day treatment with 1 mg/kg B.W., the
level was 27.15 ± 2.70 μg/L in the time-response experiment while it was 38.24 ± 2.14 μg/L
in the dose-response experiment. Given that the blood cobalt levels were under 100 μg/L,
only subtle or moderate neurotoxicity was expected [1].

The cobalt content of two hearts from MoM patients severely affected by systemic
cobalt toxicity has been reported in the literature as 4.75 [47] and 8.32 μg/g [48] (refer-
ence values for heart cobalt content: 0.06 μg/g) [49]. In addition, other post-mortem
analyses on patients with metal-on-polyethylene hip prostheses also revealed significantly
elevated cobalt content averaging 0.12 μg/g (range: 0.006–6.299 μg/g) [49]. Table 2 shows
a compact presentation of these figures and results for comparison. The higher values
of 0.34 ± 0.03 μg/g and 0.44 ± 0.06 μg/g in the rats’ hearts at 28 days with 1 mg/kg
B.W. CoCl2 treatment were also close to the average content in asymptomatic metal-on-
polyethylene (MoP) patients (0.12 μg/g) [49]. Hence, the gradual dosing model used by
this study and in previous studies [43] is comparable to the long-term systemic exposure of
cobalt through circulating blood in MoM patients.

Table 2. Cobalt concentrations of whole blood (WB), brain and heart tissues in the dose and time-
response experiments and other studies that mimic gradual cobalt release through daily treatment [45],
cobalt tissue analyses in the cardiac tissue, and serum of MoM patients with cobaltism [47,48] as well
as post-mortem heart tissue from metal-on-polyethylene (MoP) patients [49]. Cobalt content values
in unexposed human brain (<0.025 μg/g), heart (0.060 μg/g) and blood (<1 μg/L) were obtained
from [36,49,50] in that order. The abbreviations are: i.p., intraperitoneal injections; WB, whole blood;
avg., average; C, control; T, treatment; THA, total hip arthroplasty. * significantly different control
and treatment groups as assessed by one-way ANOVA with Dunnett’s multiple comparison.

Studies
Time-Response

Study

Dose-
Response

Study
[45] [47] [48] [49]

Study outline CoCl2 CoCl2 CoCl2 MoP Patients
SD rats SD rats rabbits MoM patient MoM patient
28 days 28 days 18 days

1 mg/kg BW 1 mg/kg BW 1354 μg/mL

i.p. i.p. Intravenous
infusion

Tissues n = 3 (C) and
6 (T)

n = 4 (C) and
4 (T)

n = 2 (C) and
4 (T) case report case report n = 73 (C),

75 (THA)

WB or serum
(μg/L)

Cobalt exposed 27.15 ± 2.70 *
(WB)

38.24 ± 2.14 *
(WB)

420.9 ± 154.5
(WB)

192
(serum)

287.6
(serum) Unknown

Controls/unexposed 0.87 ± 0.00 1.17 ± 0.32 11.7 ± 2.7 <1

Brain
(μg/g)

Cobalt exposed 0.06 ± 0.00 *
(pref. cortex)

0.07 ± 0.01 *
(pref. cortex) 0.2 ± 0.2 Unknown

Controls 0.02 ± 0.00 0.01 ± 0.00 0.06 ± 0.04 <0.025

Heart
(μg/g)

Cobalt exposed 0.34 ± 0.03 * 0.44 ± 0.06 * 0.7 ± 0.5 4.75 8.32
0.12 (avg.);

range:
0.006–6.299

Controls/unexposed 0.06 ± 0.01 0.09 ± 0.01 0.07 ± 0.1 0.06

To our knowledge, there is no information on the cobalt concentrations of MoM
patients in the brain, probably due to the difficulty of obtaining samples from patients.
In this study, the pref. cortex, and hippocampus had significant cobalt accumulated at
28 days (Figures 2 and 3). A study by Apostoli et al. with rabbits dosed with cobalt for
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18 days intravenously reported elevated brain levels, 0.2 ± 0.2 μg/g, from the average
control levels, 0.06 ± 0.04 μg/g dry weight, and cobalt whole blood, 420.9 ± 154.5 μg/L
(see Table 2 for reference [45]). The histology in several organs only reported damage to the
eyes and the auditory systems. The model used for this study had much lower cobalt blood
concentration and animals remained in good health, while Apostoli et al. described balance
disturbance in rabbits due to vestibular damage. Given the literature and observations of
this study, cobalt appeared to induce only subtle or moderate neurotoxicity in this study
even when cobalt had significantly accumulated in the rats’ brains.

4.2. The Low Range Cobalt Dosage Used Does Not Lead to a Dose-Response

No dose-response was demonstrated either in the number or in the average fold
change of DEGs elicited by cobalt treatment (Figure 4 and Figure S3). Previous studies
suggest that the fraction of ionic cobalt remains constant throughout a wide range of cobalt
concentrations in the blood due to its albumin binding capacity [13]. If cobalt is being
sequestered by albumin, it is likely that the response to any administered cobalt treatment
will be dampened. However, it is also possible for cobalt toxic effects to follow a dose
response, but the few concentrations used here did not cover such a range of toxicity.

4.3. Overall Transcriptional Effects of Cobalt and the Choroid Plexus as a Target of Cobalt Toxicity

This study found some GO terms of interest that could be associated with cobalt
toxicity in Table 1. This is the case of ‘steroid hormone biosynthesis’, which is comprised
of a few genes of the Cytochrome P450 (Cyp prefix) family as well as by a couple UDP-
glucuronosyltransferases (Ugt prefix) and a sulfotransferase (Sult prefix). The protein
products of these gene families form part of the drug metabolism and detoxification
pathways. CYPs are also involved in the biosynthesis of serotonin, dopamine [51], and
steroid hormones [52]. The findings suggest that CYPs could be a target of cobalt since
they normally bind to the heme metal substrate as some metal ions have been observed to
inactivate members of the CYP family [53]. Nevertheless, there are other large GO terms
linked with hormone homeostasis such as ‘regulation of hormone levels’, ‘steroid binding’,
and ‘hormone activity’ in Table 1. Some of these are not directly related to steroid hormones
e.g., essential thyroid related genes (Tshb), whose deletion leads to hypothyroidism, and
other GO terms such as ‘response to retinoic acid’. Thus, nuclear receptors could possibly
be regulated by cobalt. Nuclear receptors may bind steroids, retinoic acid, or thyroid
hormones, and this binding depends on the nuclear receptor zinc finger domain. The
CYP family synthesises some of the ligands that the nuclear receptors bind to, and further
experiments could be performed to ascertain whether cobalt binds to CYPs or to nuclear
receptors [54].

The PPI analysis (Figure 7) displayed a regulation of hormone levels consistently with
the GO enrichment analysis as well as a network of drug-metabolising enzymes consisting
of a few Cyp, Ugt, and Sult genes. The immune and haematopoietic axis centred around Il6
with important chemokine presence can also be observed. This immune response was also
reflected in the GO enrichment from Table 1. Some of the immune-related GO terms are ‘re-
sponse to interleukin-6′, ’T-helper 17 cell lineage commitment’, ‘response to interleukin-1′,
‘cell chemotaxis’, and ‘cytokine receptor binding’, which suggest immune cell differen-
tiation, activity, and migration. Other factors related to blood coagulation such as Hrg,
Serpind1, and Fga are displayed in Table 1. Activation of the immune system and dysregula-
tion of haematopoietic transcriptional programmes could lead to several autoimmune and
blood disease syndromes. Cobalt was a historical treatment of anaemia, and polycythaemia
and skin rashes have been documented as a sporadic result of cobalt treatment [13]. Finally,
the PPI also reported the presence of ‘GPI-anchored protein’ related transcripts. This is a
post-transcriptional modification that mainly occurs in the endoplasmic reticulum, where
most glycosylphosphatidylinositol (GPI) synthesis proteins function [55]. GPI-anchored
protein synthesis depends on phospholipids, while the synthesis of steroid hormones is de-
termined by cholesterol, hence, it is suggested here that cobalt modulates lipid metabolism.
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It is possible that cobalt could modulate lipid metabolism directly as cobalt has been seen
to affect the rigidity of lipid membranes such as liposomes [56]. Lipid droplets were
present in the spleen of a patient with a CoCr prosthesis [57]. Moreover, intracytoplasmic
lipid and lipofuscin accumulation were found in a recent heart biopsy of a patient with
arthroprosthetic cobaltism [48].

This study also found genetic markers in the pref. cortex (Figure 8) and hippocampus
(Figure 9) almost exclusively attributable to the choroid plexus (e.g., Clic6, Klotho (Kl),
transthyretin (Ttr), Veph1, some cilia markers, and Scl transporters). The molecular charac-
terisation of the choroid plexus has only been achieved recently [38], and unfortunately the
GO ontologies have not been adequately updated to report its presence. The choroid plexus
is anatomically attached to the hippocampus and its joint dissection can go unnoticed when
doing a fast isolation, as reported by specialists in the choroid plexus [39,58]. In fact, several
studies investigating the effect of drugs or other interventions in the hippocampus have
knowingly or unwittingly reported choroid plexus markers [58–60]. There are also markers
of the choroid plexus such as transthyretin (Ttr) in the pref. cortex, and it is possible that
part of the choroid plexus has also been included in brain samples other than the hippocam-
pus, since the choroid plexus is distributed through all brain ventricles [58]. Different
studies have revealed that heavy metals preferentially accumulate early on in the choroid
plexus, which appears to retain them, thus protecting the brain [61–66]. Harrison-Brown
et al. discovered that the penetration of cobalt in the cerebrospinal fluid (CSF) of MoM
patients was limited to 15% of the cobalt in plasma [67]. They also found a nonlinear
trend with a ceiling effect in the CSF cobalt accumulation in relation to Co plasma levels in
blood. Thus, the choroid plexus could function as an absorptive barrier, and early cobalt
accumulation and damage in the brain might occur in the choroid plexus.

The choroid plexus is also a place for steroid hormone biosynthesis [68] and it hosts
metabolising enzymes to deal with and metabolise xenobiotics [69]. Many immune cells
are resident in the choroid plexus, which works as the site for immune trafficking with the
brain [70]. B and T lymphocytes can infiltrate the choroid plexus and affect its function
under certain challenges, thus leading to inflammation [71–73]. In particular, the ‘cell
chemotaxis’ GO term includes Cxcl13, a chemokine that recruits B lymphocytes, and it
has been involved in lymphoid infiltration in the choroid plexus in a mouse model of
neuropsychiatric lupus [73]. Moreover, very recently, modulation of Otx2 expression in the
choroid plexus has been seen to regulate anxiogenic behaviour in mice [74], and in two
studies, the choroid plexus transcriptome quickly responded to stress tests in mice [39,58].
Given that the choroid plexus has been implicated in depression disorders [75] and that
some patients with elevated cobalt levels in their blood showed signs of neuropsychiatric
symptoms such as depression [8,10], one might speculate that cobalt toxicity in the choroid
plexus could impair its function, and contribute towards mood dysregulation.

5. Conclusions

In summary, although the rat pref. cortex and hippocampus accumulated lower
amounts of cobalt than other tissues, these accumulations were still significant at similar
elevated circulating cobalt levels to those found in some patients with MoM implants.
We found that the common transcriptional response to cobalt in the brain areas analysed
involved hormone and drug-metabolising activity, in addition to also describing a powerful
immune response, perhaps mediated by inteleukin-6 (IL-6). An underlying dysfunction
in lipid metabolism is also likely. We suggest that these mechanisms could be instigated
as a consequence of cobalt ion binding and substitution of native metal ions of CYPs or
nuclear receptors. In the future, researchers should consider evaluating the markers of
inflammation and lymphoid cell activation as well as the steroidogenic activity in the
choroid plexus in response to cobalt. Thus, we have generated a mechanistic hypothesis
for cobalt neurotoxicity that could be explored further and have relevant implications for
patients with MoM implants who develop neurological health issues.
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Abstract: Manganese (Mn) is an important element; yet acute and/or chronic exposure to this metal
has been linked to neurotoxicity and neurodegenerative illnesses such as Parkinson’s disease and
others via an unknown mechanism. To better understand it, we exposed a human neuroblastoma cell
model (SH-SY5Y) to two Mn chemical species, MnCl2 and Citrate of Mn(II) (0–2000 μM), followed
by a cell viability assay, transcriptomics, and bioinformatics. Even though these cells have been
chemically and genetically modified, which may limit the significance of our findings, we discovered
that by using RA-differentiated cells instead of undifferentiated SH-SY5Y cell line, both chemical
species induce a similar toxicity, potentially governed by disruption of protein metabolism, with some
differences. The MnCl2 altered amino acid metabolism, which affects RNA metabolism and protein
synthesis. Citrate of Mn(II), however, inhibited the E3 ubiquitin ligases–target protein degradation
pathway, which can lead to the buildup of damaged/unfolded proteins, consistent with histone
modification. Finally, we discovered that Mn(II)-induced cytotoxicity in RA-SH-SY5Y cells shared
84 percent of the pathways involved in neurodegenerative diseases.

Keywords: manganese speciation; SH-SY5Y; neurotoxicity; neurodegeneration; protein metabolism

1. Introduction

Manganese (Mn) is the twelfth most abundant element in the crust. Environmentally,
it ranges from 1–200 g/L in fresh water to 410–6700 mg/kg (dry weight) in sediments [1].
Mn is a trace mineral that is found in low concentrations in legumes, pineapples, beans,
nuts, tea, and cereals [2,3]. Mn is also a key cofactor for enzymes such as glutamine syn-
thetase, pyruvate decarboxylase, serine/threonine protein phosphatase I, Mn-superoxide
dismutase, and arginase [4]. Consequently, it is an essential element to maintain normal
physiological development including the metabolism of lipid, protein, and carbohydrate;
blood sugar regulation; bone formation; immunological response; reproduction; neuro-
transmitter synthesis and metabolism, as well as neuronal and glial function [3].

Local levels of Mn in the environment can be dramatically increased due to natural
and human causes [5–10]. Additionally, it can be found as Mn(II), Mn(III), and Mn(IV)
in aquatic systems owing to oxi-reductive processes [1,11–15]; these chemical species are
environmentally and toxicologically relevant [10,16,17]. Occupational exposure [17] and
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consumption of contaminated well water [7] represent the most relevant means by which
humans are exposed to Mn, with high risks for health [7,17–20], consistent with increasing
evidence of developmental neurotoxicity due to oral parenteral nutrition [7,21].

Mn neurotoxicity, which is characterized by motor and sensory problems, known as
manganism, as well as neuropsychiatric and cognitive impairments [3], is the most serious
adverse consequence of this metal. Hypertonia with cogwheel stiffness, bradykinesia,
“cock-gait”, fast postural tremor, and a tendency to stumble when walking backwards are
all symptoms of parkinsonism [3]. These symptoms have been linked to an excess of Mn
in the basal ganglia, especially the globus pallidus, subthalamic nucleus, substantia nigra,
and striatum, which are involved in motor control and nonmotor functions [3,4]. However,
additional brain areas, such as the cerebellum, red nucleus, pons, cortex, thalamus, and
anterior horn of the spinal cord, may be altered by Mn exposure [14]. These cellular
features, including Mn-induced mitochondrial dysfunction, inflammation, autophagy,
overexpression of α-synuclein (αSyn) in vitro, and their aggregation in vivo in neurons
and glial cells, have been linked to Parkinson’s disease (PD) [4]. These traits distinguish
parkinsonism, which is characterized by the lack of Lewy bodies (another hallmark of PD).
Surprisingly, dopaminergic neurons of the substantia nigra pars compacta are particularly
destroyed following chronic or acute Mn exposure [3].

Furthermore, Mn toxicity has been connected to Huntington’s disease (HD), since
cultured striatal cells surprisingly reduced the vulnerability of mutant expressing cells
STHdhQ111/Q111 [22]. Furthermore, pre-manifest YAC128 transgenic mice, another model
of HD, exposed to MnCl2 had a decreased response to transcriptional and protein alter-
ations, whereas manifest YAC128 animals had a suppressed metabolic response, despite
equivalent elevations in whole striatal Mn [23]. Mn has also been linked to Amyotrophic
Lateral Sclerosis (ALS), since certain ALS patients have T1-weighted hyperintensity during
MRI, a neuroradiological signal associated with Mn overload, as well as an increase in
MnSOD levels in motor neurons and genetic variations of two melastatins, TRPM2 and
7. Whereas early study in macaques has suggested that chronic Mn treatment induces
upregulation of amyloidlike protein 1 and diffuse amyloid-β plaques in the frontal cortex,
perhaps implying a relationship between advanced-stage manganism and Alzheimer’s
disease (AD) [4]. In addition, Mn exposure in dogs enhanced the expression of nuclear
neuronal NF-B and iNOS, as well as changed blood–brain barrier (BBB) function, diffuse
Aβ plaques, neurofibrillary tangles, and alteration of Mn-dependent antioxidant enzyme,
as reported in nonhuman primates and humans [24]. All these alterations can be influenced
by chemical fractionation and speciation, developmental stage [14,16,25], and cell type [14].

The cytotoxicity of chemical compounds of Mn and their mechanisms has been sup-
ported by several works in silico, in vitro, and in vivo. In this manner, both undifferentiated
and differentiated human neuroblastoma cell models (SH-SY5Y) were employed to investi-
gate the role of Mn in neurotoxicity [26–28]. However, some issues must be considered.
For example, undifferentiated SH-SY5Y cells can have fluctuations in the cell cycle and
are considered immature catecholaminergic neurons [29]. While retinoic acid (RA) syn-
chronizes the cell cycle and generates a modest rate of proliferation, RA differentiates
cell morphologically close to primary neurons and increases electrical excitability of the
plasma membrane [29], which could leave axons more susceptible for chemical injury [30].
Furthermore, NoRA SH-SY5Y cells are disabled in ATP production [31] while RA induces
survival of SH-SY5Y cells. Consequently, RA-differentiated cells are more resilient to tox-
ins [29]. Altogether, the in vitro cell model should mimic the phenotypes and be sensitive
to cellular alterations commonly verified in vivo and specifically in humans [30,31]. It this
respect, it has been shown that RA differentiates human neuroblastoma SH-SY5Y cells,
which generate a largely mature dopaminergic (DAergic)-like neurotransmitter phenotype
found in vivo as well as other neurotransmitters in lower expression, such as noradrenaline,
acetylcholine, glutamate, serotonin, and histamine [31]. This allows the study of PD, ALS,
AD, and HD [31–33] together with the relationship between these illnesses and Mn-induced
neurotoxicity [26–28], potentially governed by disturbance of protein synthesis [25,34,35].

160



Toxics 2021, 9, 348

Protein synthesis is an energy-intensive process that is highly controlled and tightly
linked to other cellular activities such as the cell cycle and metabolic pathways [36,37].
Previous research with NoRA SH-SY5Y cells revealed that MnCl2 causes endoplasmic
reticulum (ER) stress [38,39], accompanied by autophagy [38], and accumulation of parkin
protein and its redistribution to aggregated Golgi complex [39]. Two other independent
transcriptomics studies verified that MnCl2 induces cytotoxicity in SH-SY5Y cells by
promoting mitophagy through BNIP3-mediated oxidative stress [40] and/or upregulation
of apoptotic pathways, neuronal differentiation, and synaptic transmission [26]. However,
they have not identified alteration in the ER–Golgi system, involved in protein metabolism
before energy–mitochondrial dysfunction and cell death [28].

However, the research described above has not contemplated the significance of chem-
ical speciation. It is well known that the MnCl2 (aqua-complex of Mn or Mn-free) can
cross the brain–blood barrier easier than Citrate of Mn(II) or other species of Mn(II) or
Mn(III) [41]. In cerebellar granule neurons, the MnCl2 was more bioconcentrated than
Citrate of Mn(II), although both species displayed similar cytotoxicity, associated with
energy–mitochondrial impairment [14]. However, this energetic dysfunction reduced the
influx of the two species of Mn in rat brain [42]. In zebrafish embryos, after exposure to
species of Mn(II) or Mn(III), the Mn appeared in fluids mainly as Mn-free, followed by
Citrate of Mn(II), a species that induced more bioaccumulation of Mn and gene overex-
pression than MnCl2, but both species perturbed the calcium homeostasis and protein
metabolism [16,35].

Finally, considering the issues stated above, we hypothesized that impairment of
pathways linked to protein biosynthesis drives Mn-induced neurotoxicity and potentially
neurodegeneration, which can be affected by chemical speciation. Thus, we aimed to
develop a toxicogenomics study in the RA-differentiated SH-SY5Y-DAergic cell model,
exposed to MnCl2 and Citrate of Mn(II). Using system biology approaches, we provided
additional evidence that connects Mn-induced impairment of protein metabolism to Mn-
neurotoxicity to neurodegenerative disorders (AD, ALS, HD, and PD).

2. Materials and Methods

2.1. Preparation of Manganese Species

Compounds of manganese (MnCl2 and Citrate of Mn(II) or Mn(II)Cit, 10 mM each)
were prepared and characterized according to previous works of our group [14,16] and
stored at 4 ◦C. For these experiments we used manganese(II) chloride tetrahydrate,
MnCl2·4H2O (99.99% trace metals basis, Merck, São Paulo, SP, Brazil) and sodium cit-
rate tribasic dihydrate (Cit; HOC(COONa)(CH2COONa)2·2H2O) (99.99% trace metals
basis, Merck, São Paulo, SP, Brazil). The work solution was prepared the same day of cell
exposure by diluting an aliquot to reach the desired final concentration, according to each
experiment.

2.2. Human Neuroblastoma SH-SY5Y Cell Line Experimental Setup

Human neuroblastoma SH-SY5Y cells, a third generation subclone of SK-SN-SH cells,
are a brain-derived catecholaminergic neuroblastoma cell line. SH-SY5Y cells differentiate
into neuronlike cells and cease proliferating [43]. SH-SY5Y cells were grown in Dulbecco′s
Modified Eagle′s Medium/Nutrient Mixture F-12 Ham (DMEM/F12 nutritional mixture
(1:1), Merck, São Paulo, SP, Brazil) supplemented with 10% of Fetal Bovine Serum (FBS,
Merck, São Paulo, SP, Brazil) and penicillin/streptomycin (50 IU/mL, Merck, São Paulo,
SP, Brazil) in a humidified environment of 5% CO2 and 95% air at 37 ◦C. The medium was
changed every 4–5 days. Serum was lowered to 2% FBS for all experimental conditions.
Cells were differentiated for 7 days in the presence of 10 nM of trans-Retinoic Acid (trans-
RA, Merck, São Paulo, SP, Brazil). Cultures were inspected under a microscope prior to
treatment to determine differentiation. When 80 percent or more of the cells in a culture
showed neurite outgrowth extensions >2–3 times longer than the cell’s body diameter,
the culture was declared differentiated. In the presence or absence of the Mn species, the
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cells were seeded at a density of 5 × 104 cells per 100 mL in a 96-well plate format for cell
viability assay and 6-well plates for array experiment.

2.3. Cell Viability Assay

Cell viability was determined in quintuplicate from three separate cell cultures using
the MTT test, which measures the reduction of 3-[4,5-dimethythiazol-2-il]-2,5-diphenyl-
tetrazolium bromide (MTT, Merck, São Paulo, SP, Brazil) by live cells. We conducted the
assay according to Hernández et al. [14] after 1 day of treatment with MnCl2 or Citrate of
Mn(II) from 0 to 2000 μM.

2.4. Transcriptomics

2.4.1. RNA Extraction and Purification

The RA-SH-SY5Y cells were treated for 24 h with 500 μM of MnCl2 or Mn(II)Cit. Then
the cells were collected in RNAlater (Qiagen, Toronto, ON, Canada), and total RNA was
extracted and purified from three different pools of cells using the miRNeasy mini kit
(Qiagen, Toronto, ON, Canada), followed by a DNase I (Qiagen, Toronto, ON, Canada)
treatment, as directed by the manufacturer. The amount of RNA was quantified using a
spectrophotometer, and the quality was assessed using BioAnalyzer equipment (Agilent
Technologies, Palo Alto, CA, USA). All RNA samples showed clear 18S and 28S rRNA
peaks and demonstrated an RNA integrity number (RIN) level higher than 8.

2.4.2. Microarray Assays

Using an accessible and commercial human gene expression microarray kit, studies
on differential gene expression were done in triplicates from three independent biolog-
ical groups to discover the mode of action of each chemical species of manganese in
RA-differentiated SH-SY5Y cells. The experiment was carried out in accordance with the
manufacturer’s procedures for one-color microarray-based gene expression analysis (Agi-
lent), which are accessible in: http://www.agilent.com/cs/library/usermanuals/Public/
G4140-90040_GeneExpression_OneColor_6.9.pdf, accessed on 29 November 2021).

2.4.3. Validation of Toxicogenomics Results through Real-Time Reverse Transcription-PCR
(qRT-PCR)

The qRT-PCR assay has been used for identification of gene alterations in previous
studies [44,45]. Thus, we used this approach to verify our results about Microarray (item
2.2.2.2). Table 1 shows the primer sequences that were employed. To complete the qRT-PCR
experiment, we extracted total RNA from each sample using the Qiagen RNA extraction kit,
followed by cDNA production using the iScript cDNA synthesis kit with SYBR green su-
permix (Bio-Rad, Hercules, CA, USA), as directed by the manufacturer. qRT-PCR was used
to quantify mRNA using Rotor-Gene RG-300 from Corbett research [46]. All investigations
were carried out in triplicate by three different biological groups.

2.5. Bioinformatics and Data Analysis

The results were presented as the mean ± SEM of at least three separate trials. Fitting
sigmoidal curves (Hill slope) to concentration–response data of individual replicates and
computing the mean of those replicates yielded the LC50. The D’Agostino and Pearson om-
nibus normality test verified that our data had a normal or statistical distribution. ANOVA
(analysis of variance) and Bonferroni’s tests were employed to discover statistically signifi-
cant differences. GraphPad Prism was used for fitting and statistical analysis (GraphPad
4.0 Software Inc., San Diego, CA, USA). The arrays were examined using Babelomics’ Gene
Expression Pattern Analysis Suite (https://babelomics.bioinfo.cipf.es/, accessed on 13 May
2016) [47], which is an integrated web-based pipeline designed for the analysis of data
generated in microarray studies. Normalization, grouping, differential gene expression,
class prediction, and functional annotation are all included in the suite.
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2.6. Prediction of Protein–Protein Interaction (PPI) and Gene Ontology (GO) Analysis

A PPI map is a heterogeneous network of proteins connected by interactions as edges.
PPI and GO enrichment analyses were performed utilizing data from the current study, the
String database (http://string-db.org, accessed on 30 November 2019) [48], and the Com-
parative Toxicogenomic Database—CTD (http://ctdbase.org/, accessed on 30 November
2019) [49]. Particularly, String discovers cellular pathways that are enriched in a target
list of genes, proteins, or metabolites that are not approximated by the original omics
data (using hypergeometric testing against either the entire genome or a user-supplied
background gene list), allowing for the extraction of strong mechanistic information [48,50].

3. Results

Multiple genetic and environmental variables contribute to the onset and progression
of Parkinson’s disease, which is related with the degradation of DAergic neurons in the
substantia nigra pars compacta [31]. Indeed, epidemiological studies have connected the
development of neurodegeneration to Mn toxicity [22–24,51,52]. This can be mediated by
impairment of protein metabolism, according to findings in nonhuman models [25,34,35].
To test the validity of this hypothesis, we conducted an unbiased toxicogenomics study on
Mn-induced acute neurotoxicity in the human model, RA-differentiated SH-SY5Y-DAergic
cells.

3.1. Manganese-Induced Toxicity and Differential Gene Expression in the RA-Differentiated
SH-SY5Y-DAergic Cell Model

Through MTT assay we verified that both Mn species (MnCl2 and Mn(II)Cit) induced
similar cytotoxicity, in a dose dependent manner, where approximately 900 and 500 μM
induces 50% and 10% of cell death, respectively (Figure 1).

≈ μ

μ

≈ μ

μ

Figure 1. Cytotoxicity induced by MnCl2 and Mn(II)Cit in RA-differentiated SH-SY5Y cells, after
exposure for 24 h. Cell viability was quantified by MTT assay. The plot is representative of three
biological replicates (mean ± sem); each experiment was made with five analytical replicates.

To find the mode of action of manganese, we designed a gene expression analysis
in SH-SY5Y cells treated for 24 h to 500 μM of MnCl2 or Mn(II)Cit, which might reflect
an environmental state of acute Mn exposure owing to water intake polluted with this
metal [15,53,54]. In this way, we verified a significant (p < 0.05) impairment of 406 genes
(Tables S1 and S2). There, we discovered 117 genes that are affected by both chemical
species of manganese, which suppress rather than stimulate gene expression. In this case,
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MnCl2 reduced the expression of 169 genes (80%), while Mn(II)Cit decreased the expression
of 102 genes (70%), Figure 2.

Figure 2. Three microarray assays in SH-SY5Y after exposure to MnCl2 or Mn(II)Cit (0–500 μM) for
24 h yielded overlapping results of 117 genes differentially expressed and affected by both chemical
species of Mn. Significant differences were estimated through two-way ANOVA, followed by false
discovery rate and Bonferroni (p < 0.05).

3.2. Manganese-Induced Cross-Impairment of Several Pathways Associated with Neurotoxicity
and Neurodegeneration

Additionally, based on all genes significantly affected under Mn stress, and using
the String database [48], we used systems biology to create an enriched protein–protein
interaction (PPI) map for each Mn species and an enriched gene ontology analysis. The
String database studies a defined group of target proteins using physical interactions and
functional relationships between proteins, and then expands the set by incorporating linked
proteins to investigate toxicological pathways [48]. The network of functional Mn interac-
tors was expanded to around 700 edges (proteins) (p-value 1.0 × 10−16), with approximately
85 percent of the new interactions experimentally validated [48]. A schematic representa-
tion of these interactors is shown in Figure 3A,C, including several processes/pathways
potentially impaired by Mn (Tables 2 and 3).
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Toxics 2021, 9, 348

We identified that almost 50% of the pathways affected by Mn are directly linked
to protein biosynthesis, including ribosomes, translation initiation, and termination. Ad-
ditionally, we verified that MnCl2-induced impairment of protein metabolism involves
alteration of the metabolism of amino acids. The Mn(II)Cit appears to affect the E3 ubiquitin
ligases–target protein degradation pathway, which can lead to damaged/unfolded protein
accumulation. This is followed by pathways associated with cell metabolism, especially
energy metabolism (~30%) and cell signaling pathways (6%), Tables 2 and 3. Although the
chemical speciation has influenced the Mn-induced toxicity, we found that both species,
MnCl2 and Mn(II)Cit shared impaired pathways (Figure 3B), which are similar to molecular
changes linked with neurodegenerative illnesses such as AD, HD, and PD (Figure 3A,C
and Tables 2 and 3).

Furthermore, through an additional analysis using CTD [49], among the genes that
were directly affected by Mn species (Tables S1 and S2) and the genes/proteins added by
String (Figure 3A,C), we identified 34 curated genes (Figure 4A), previously affected by
chemical species of Mn, including MnCl2. Again, these genes are involved in the pathways
inferred in this study (Tables 2 and 3). Moreover, we confirmed using qRT-PCR analysis that
both MnCl2 and Mn(II)Cit disrupted the expression of the genes RPS29, MT-CO1, MT-ND4,
MT-CYB, and COX4I2, which are associated with protein synthesis, energy metabolism,
and neurodegeneration [49] (Figure 4B).

Figure 4. (A) The enriched set of proteins identified using PPI data, including genes identified by
transcriptomics analysis and added by String were analyzed using the comparative toxicogenomic
data. A set of 34 curated genes were identified that previously were affected by MnCl2 or other
Mn compounds. (B) Representative genes associated with protein synthesis, cell metabolism, and
neurodegeneration were analyzed by qRT-PCR analysis (mean ± sem, n = 3). Statistical differences
were verified by two-way ANOVA, followed by Bonferroni post test, (*, p < 0.05; ***, p < 0.001).

Lastly, our findings suggest that chemical species of Mn induce cytotoxicity in the
RA-differentiated SH-SY5Y-DAergic cell model (Figures 1 and 5A) through alterations of
the expression in a notable number of genes (Tables S1 and S2 and Figure 5B), because of
which numerous pathways are harmed (Figures 3 and 5C). There, disruption of protein
metabolism, especially protein synthesis, appears to be a key event for Mn-induced cell
perturbation (Figure 5C) responsible for Mn-induced neurotoxicity, which may result in
neurodegeneration (Figure 5D).
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4. Discussion

In this work, we found that the 876 μM of MnCl2 or 945 μM of Mn(II)Cit decreased by
50% the viability of RA-differentiated SH-SY5Y-DAergic cells. These concentrations are
higher than found in studies with NoRA-SH-SY5Y cells, where 800 μM [55] and approxi-
mately 600 μM [40] of MnCl2, respectively, induced 50% of cytotoxicity after exposure for
24 h. It is known that RA-differentiated SH-SY5Y cells show activated survival pathways,
including Nrf2 (nuclear factor erythroid 2-related factor 2) or Akt (serine-threonine protein
kinase) signaling [29], while the NoRA-differentiated cells are ATP-deficient compared
to the RA-differentiated cells [31]. This could justify why NoRa SH-SY5Y cells are more
susceptible for Mn treatment, as observed by Kemsheh and Oblitey [56]. On the other
hand, the RA-differentiated SH-SY5Y-DAergic cell model shows increased dopamine and
other neurotransmitters, which allowed the screening of Mn-induced neurotoxicity and
their association with neurodegeneration [31–33,57], after exposure for 500 μM of both
Mn-species, a concentration that induced approximately 10% of cell death and was used in
previous studies with NoRA-differentiated cells [58]. In this toxicologic context, the CTD
have systematized approximately 140 Mn compounds associated with 379 pathways [49],
where the top fifty are dominated by eleven cellular processes, including cell signaling,
diseases, immune system, metabolism, hemostasis, metabolism of proteins, apoptosis,
endocrine resistance, cellular responses to stress, and neurodevelopment. These processes
are potentially connected to 1522 diseases, of which 21 are associated with the nervous
system [49]. Other functional and omics studies [25–28,34,35] have identified these poten-
tial mechanisms of Mn-induced neurotoxicity, reviewed by Tinkov et al. [52]. In line with
this, using microarray analysis and systems biology approaches, we verified a connection
between Mn-induced acute cytotoxicity in the RA-differentiated SH-SY5Y-DAergic cell
model and impairment of several pathways, including protein synthesis (18 processes), cell
metabolism (10 processes), cell signaling (3 processes), neurodevelopment (1 process), and
neurodegeneration (3 processes) (Tables 2 and 3).

Presynaptic local protein synthesis, the process by which mRNAs are translated in
axons and terminals, is well shown to be mediated by retrograde endocannabinoid (eCB)
transmission [59]. The eCBs are lipids that are mobilized by postsynaptic action and
travel backward across the synapse to bind presynaptic Gi/o-coupled type 1 cannabinoid
(CB1) receptors, inhibiting neurotransmitter release. CB1 activation, in turn, boosts protein
synthesis via the mTOR pathway [59]. Indeed, we identified impairment of retrograde
endocannabinoid signaling, which can contribute to the disruption of axon guidance, after
exposure to Mn (Tables 2 and 3). Furthermore, it has been proposed that chemical stresses
can either upregulate or downregulate the endocannabinoid system. This can disrupt
synaptic transmission and brain circuit functions [60], leading to neurodegenerative ill-
nesses such as AD, ALS, HD, and PD [61,62], as well as activate other signaling systems [60]
such as hypoxia-inducible factor 1 (HIF-1), whose activation contributes to recovery of
synaptic functions [63]. However, depending on the chemical speciation and the biological
model investigated, HIF-1 can be inactivated due to downregulation of the BCL2 gene in re-
sponse to Mn stress. Mn deficiency reduces the production of BCL2 mRNA and protein [64].
Manganese (III)-tetrakis(4-benzoic acid)porphyrin has been shown in studies with isolated
human endothelial cells to inhibit the decrease of protein BCL2 expression [65]. Exposure
to maneb and mancozeb, both Mn-based pesticides, results in increased expression of BCL2
mRNA and BCL2 protein abundance [66,67].

In agreement with our findings (Figures 3 and 5, Tables 2 and 3), researchers discovered
altered genes related to neurogenesis, neurodevelopment, synaptic transmission, and
apoptosis after exposing NoRa-differentiated SH-SY5Y cells to 100 μM MnCl2 for 30 days,
which may be linked to neurodegeneration [26]. However, this work did not identify
that these alterations can be preceded by impaired protein metabolism. Indeed, before
changes in the mitochondrial–energy pathway and neurotransmission system, Fernandes
et al. discovered increased abundance of the genes BET1 (Golgi vesicular membrane–
trafficking protein), ADAM10 (ADAM metallopeptidase domain 10), and ARFGAP3 (ADP-
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ribosylation factor GTPase-activating protein 3) [28]. Accordingly, we confirmed that 500
μM of Mn(II)Cit or MnCl2 caused neurotoxicity in RA-differentiated SH-SY5Y-DAergic
cells by disrupting approximately 50% of protein metabolism-related pathways, followed
by energy dysfunction and other related molecular cell changes (Tables 2 and 3). This
is consistent with previous observations that MnCl2-induced neurotoxicity in NoRA SH-
SY5Y was caused by changes in the ER–Golgi complex [38,39]. Hernández’s group’s
research with a variety of models ranging from yeast to mammals, different Mn-species,
and different exposure times has also suggested that impaired protein metabolism is a key
event in Mn-induced neurotoxicity [25,34,35].

Although RA-differentiated SH-SY5Y can have altered axons [29,30], certainly Mn
induces disturbance of axonal functions potentially linked to protein synthesis impair-
ment [68]. Studies with primary cerebellar granule neurons exposed for MnCl2 identi-
fied potential axonal alteration due to hypokalemia and overexpression of STX1A, im-
plicated in the production of presynaptic local proteins that regulate neurotransmitter
release [25]. Here, in RA-differentiated SH-SY5Y exposed for Mn, we identified significant
alterations of inferred and curated genes such as IGF2, RPL14, RPL23A, RPL6, RPS8, and
RPS29 (Figures 2B and 4D), transcripts hit revealed using the String database [48] and
CTD [49]. These genes are involved in an enriched set of pathways linked to transla-
tion, post-translation modifications, and protein degradation (Figure 3A,C, Tables 2 and 3),
that can be perturbed by disruption of energy pathways [36,37] as well. Here, we found
that the species of Mn can increase or arrest the expression of genes such as MT-CO1,
MT-CYB, MT-ND4, and COX4I2 (Figure 4B), which are associated with glycolysis and
glycogenesis, and oxidative phosphorylation, along with neurodegenerative diseases
such as AD, HD, and PD [49]. Concomitantly, we identified impairment of TPI1 gene,
which is associated with one-carbon metabolism pathway, biosynthesis of amino acid,
and AD [49]. Furthermore, disruption of amino acid biosynthesis has been linked to the
alteration of translation efficiency [69], similar to that observed in yeast exposed to MnCl2
for 24 h, which showed decreased β-galactosidase reporter expression, heavy polysomes
fractions, and the expression of NOP1 and NSR1 genes, associated with ribosome bio-
genesis [34]. Altogether, the RPL14 gene impaired by Mn(II) is a marker of PD, whose
alteration has been detected already, after domestic exposure to maneb (manganese(2+);N-
[2-(sulfidocarbothioylamino)ethyl]carbamodithioate) [70]. We have discovered maneb-
impaired protein metabolism in cerebellar granule neurons [25]. Another study identified
Mn-induced ER-stress and increased phosphorylation of translation initiation factor eIF2α

in SH-SY5Y cells [70]. Collectively, these findings confirm that the network among protein
metabolism, energy, cell development, and metabolic pathways [36,37] may be disrupted
by chemical species of Mn [34,35,71–75].

Contrary to the transcriptomics studies conducted by Gandhi et al. [26] and Fernandes
et al. [28], which considered only MnCl2, we verify that chemical speciation is important for
Mn-induced impairment of gene expression and protein metabolism on RA-differentiated
SH-SY5Y cells. For example, the MnCl2-induced alteration of the metabolism of amino
(AA) acids, which influences RNA metabolism and protein synthesis [76], similar to that
identified in yeast exposed for MnCl2 [34]. It has been demonstrated that amino acids
are a regulator of late endosomes/lysosomes anterograde transport, which operate as
mRNA translation platforms to produce new proteins necessary to support mitochondria
function in axons growth, which is sensible to energy stress [77]. Indeed, we verified
cross-talk alterations of the metabolism of AAs, proteins, cell energy, and axon guidance in
response to cytotoxic concentrations of Mn. A metabolomics study with NoRA SH-SY5Y
cells exposed to noncytotoxic concentrations of MnCl2 revealed a positive association
between Mn exposure and glutamate and N-acetylglutamate semialdehyde, and a negative
relationship with other AAs such as leucine/isoleucine, 4-imidazoleacetate, histidine,
arginine, and valine. As a result, neurotransmitter-related metabolites such as GABA,
adrenochrome, N4-acetylaminobutanal, N-methyl salsolinol, and dopamine sulfate were
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dramatically altered [27]. This corroborates the importance of the AAs for local protein
synthesis, during neurodevelopment, which can be impaired by Mn.

Although RA can be anti-proteasome inhibitor in SH-SY5Y cells [33], we deduced
that Mn(II)Cit induces neurotoxicity associated with impairment of E3 ubiquitin ligases–
target protein degradation pathway, which is involved in the proteasome’s identification of
substrates and proteins for degradation [78]. This can lead to damaged/unfolded protein
accumulation, consistent with altered expression of the genes HIST1H2BB, HIST1H2BH,
and HIST1H2BO (Figure 3A,C). Histone modification is linked to the creation of amyloid
fibers (Table 3) and, as a result, the development of neurodegenerative diseases [79]. Other
research has shown that Mn-induced neurotoxicity can target the ubiquitin system. For
example, in cultured astrocytes treated with MnCl2, SNAT3 protein degradation and
Gln homeostasis disruption occur via the ubiquitin-mediated proteolytic mechanism [80].
Additionally, in cerebellar granule cells stressed with MnCl2 or maneb, the Mn induces
impairment of protein metabolism, involving dysregulation of the ubiquitin system as
well [25]. However, the ubiquitin system was not altered in dopaminergic cells (SH-SY5Y
and CATH.a), with impaired ER–Golgi complex, under the effect of Mn [39].

5. Conclusions

Lastly, we identified some advantages to using the RA-differentiated cells instead
of the undifferentiated SH-SY5Y cell line to study Mn-induced neurotoxicity in humans.
These cells are chemically and genetically modified; consequently, it cannot be considered
normal [31], which might restrict the experiment’s outcomes in a variety of ways. Our
findings, however, are equivalent to those obtained with primary culture of mouse cere-
bellar granule neurons. At the same time, we revealed that RA-differentiated SH-SY5Y
cells respond differently to distinct chemical species of Mn, which was not considered in
previous studies with NoRA-differentiated SH-SY5Y cells. Indeed, Mn causes disruption
of cross-talk networks of pathways in the RA-differentiated SH-SY5Y-DAergic cells, which
may be mediated by protein metabolism disturbance, evidently influenced by chemical
speciation, for example, the MnCl2-altered amino acid metabolism, which affects RNA
metabolism and protein synthesis. Mn(II)Cit altered the E3 ubiquitin ligases–target protein
degradation pathway, potentially leading to the accumulation of damaged/unfolded pro-
teins, which is consistent with histone modification. These findings support the relevance
of chemical speciation in understanding the process behind Mn-induced neurotoxicity and
neurodegeneration, which appears to be conserved from yeast [34], to zebrafish [35], to
mammals [25,28]. A functional analysis of cross-species translation in the presence of Mn
could either confirm or refute our findings.

Supplementary Materials: The following are available online at https://www.mdpi.com/article/10
.3390/toxics9120348/s1, Table S1: Genes differentially expressed in RA-differentiated SH-SY5Y cells
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