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The zebrafish is an outstanding and inexpensive vertebrate model system for biomedi-
cal research. The embryos develop externally allowing experimental access treatments; are
transparent allowing for microscopy visualization; develop rapidly; and have outstanding
genetic and genomic resources. The zebrafish model was first developed to study neural
development, and this tradition continues. A large-scale mutagenesis screen propelled
the zebrafish model rapidly forward to become the modern research platform we see
today. Creative approaches using the zebrafish were developed to study toxicology, disease
etiology, behavioral neuroscience and regenerative biology. Using these experimental
foundations, the contributions found in this Special Issue of Biomedicines illustrate the
power and potential of the zebrafish.

Due to evolutionary conservation among vertebrate organisms, animal models pro-
vide insight into disease processes that cannot be obtained by studying human patients.
The genetic conservation between vertebrates allows scientists to evaluate consequences
of mutations in disease etiology. There is an art to developing a useful disease model for
biomedical research, and the zebrafish are being used at an increasing frequency to evaluate
disease development and consequences. The genetic resources are being developed in
the zebrafish, and it has been an established model system to determine the etiology of
genetic disorders caused by damaging mutations in protein-coding genes. The result of
the Human Genome Project led to the recognition of single-nucleotide polymorphisms
(SNPs) that increase or decrease the risk for a given disease. Patients’ genomic analyses
have identified many clinically relevant mutations in the noncoding regions of the human
genome which likely disrupt functions of cis-regulatory elements (CREs). A review by
Mann and Bhatia [1] highlights the utility of the zebrafish for studying mutations in non-
coding regions of the genome. The zebrafish offer low maintenance cost, short generation
times, imaging approaches and transgenic technology which can be exploited to evaluate
functional consequences of noncoding region mutations.

A couple of reviews discuss how the zebrafish are used to study heart disease mod-
els. Giardoglou and Beis [2] discuss the utility of the zebrafish in examining the heart
and vasculature. The zebrafish heart shares features with the human heart not found in
other models, and consequently, disease models share similarities in pathophysiological
consequences with the human conditions. They also highlight the use of genome-wide
association studies (commonly referred to as GWAS) to identify genetic variants (multiple
loci and SNPs associated with coronary artery disease and cardiomyopathies) and the
use of the zebrafish to dissect functional defects and validate candidate causal genes that
emerge from GWAS analyses. Santoso et al. [3] review the methodology used to study
cardiac rhythm in the zebrafish. There are experimental challenges associated with a small
aquatic organism, but methods are continually improving to detect cardiac rhythm in
both embryonic and adult zebrafish. The authors discuss current methodologies includ-
ing the dynamic pixel change method, kymography, laser confocal microscopy, artificial
intelligence and electrocardiography (ECG). The authors also provide perspectives on
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advances like imaging technology and artificial intelligence that are applied to studies of
cardiac rhythm.

Parkinson’s disease genes and effects of environmental toxins have been uncovered in
recent years. Barnhill et al. [4] review the use of the zebrafish as a model of Parkinson’s
disease. Individual genes and the zebrafish models affecting the progression of a Parkin-
son’s disease phenotype are discussed. These genes point to protein aggregation, protein
degradation, mitochondrial dysfunction, synapse dysfunction, inflammation and cell death
pathways. Environmental assaults are also studied in the zebrafish, which fit into similar
pathophysiological pathways as the genetic defects.

Two research articles provide fundamental insight into biological processes that affect
muscle and eye conditions. Fallata et al. [5] examined gelatinase A (a matrix metallopro-
teinase) expression and activity in muscles, which participates in myosin degradation.
They showed that gelatinase A has poorly recognized signal sequences and conserved
phosphorylation sites, which may regulate its enzymatic activity within the sarcomere.
The gelatinase A enzyme has not been characterized in specific diseases, but the authors
discussed the physiological role, and the evidence suggests potential roles in disease
and injury.

An exciting study by Brastrom et al. [6] produced a model of microphthalmia (small
eye phenotype) caused by mutations in the human RBM24 gene, an RNA-binding protein.
This RNA-binding protein regulates the gene most commonly affected in microphthalmia
patients, SOX2. The experiments showed that overexpression of the zebrafish Sox2 protein
suppresses the microphthalmia phenotype, supporting the posttranscriptional role for the
Rbm24 protein in binding and targeting the sox2 mRNA.

Neuroscience of the zebrafish is at the foundation of this model organism due to the
transparency of embryos allowing neural development visualization. Neuroscience func-
tional changes can be studied using animal behavior analysis. Since fish have very different
lives from humans, the analysis of fish behavior is challenging. Progress is being made
with the study of zebrafish behavior and correlating fish behavior with that of humans.
Zebrafish behavior is being correlated with neural development, electrophysiology and
other aspects of neurobiology. A series of articles in this Special Issue of Biomedicines
address neuroscience and behavior.

A review article by Basnet et al. [7] discussed the uses of the zebrafish model to
evaluate and screen neuroactive drugs. They highlight the studies of the brain–behavior
connection and the types of behavior assays that can be used with the zebrafish. Finally,
they review studies of neuroactive drugs and toxicants that produce behavior defects in
the zebrafish. The review is an excellent primer for the zebrafish behavior model, which is
a growing model with outstanding potential.

Using adult zebrafish, Chung et al. [8] use a pentylenetetrazol (PTZ)-induced epileptic
seizure model to evaluate anti-convulsive activities of a protein extract from a medicinal
plant, Orthosiphon stamineus. Intraperitoneal injection of the protein extract decreased
seizures and altered neurotransmitter levels in zebrafish brains. Proteomic analysis of
zebrafish brains showed differential expression of proteins, particularly a regulator of
the trans-SNARE complex that affects neurotransmitter exocytosis. The findings suggest
potential mechanisms of antiepileptic drug action that could be further studied.

Two articles describe the development of methodology to evaluate visual responses
using the zebrafish. Color preference is a useful behavioral parameter, but Siregar et al. [9]
note that there are some apparent contradictions in the literature using this assay. Thus,
they test several variables (light source position, light intensity, gender, age, strain, etc.) in
order to standardize the method. This is a very useful study that will help the zebrafish
community generate results from different laboratories that can be compared to one another.
We expect that such standardization and harmonization of methodology will be completed
for many assays as the zebrafish model grows.

Optomotor response is a common assay used for animal behavior, and it is an im-
portant assay used for the zebrafish. Branstrom et al. [10] produced a simple optomotor
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assay platform that can be performed with a tablet computer and a cell phone camera.
The authors validate the assay using mutant and morpholino knockdown zebrafish larvae
that disrupt the visual system. This clever and reproducible assay can be set up without
expensive equipment and performed at relatively high throughput.

Regenerative medicine research grows because of the potential to treat defects and
diseases that are intractable to current medical technology. The potential of these therapies
is huge, but one must temper this excitement with the realization that basic research is
needed to learn how the powerful potential can be controlled and applied.

Massoz et al. [11] reviewed the regenerative potential of the zebrafish and its use in the
study of potential disease treatments. They focused on important targets for regenerative
medicine, heart, liver, pancreas, spinal cord, brain and retina, which are the subject of
numerous zebrafish studies. The authors note that it may be a long, difficult path to
produce regenerative medicine therapeutics, but basic research using the zebrafish will
help facilitate this journey to producing efficacious and safe treatments.

Our laboratory, in collaboration with colleagues from Lilly Research Laboratories,
examined [12] the effects of a small-molecule Wnt signaling pathway activator on zebrafish
caudal fin regeneration. Fin rays are bony structures, and fin regeneration is a useful model
for bone growth and repair. Our studies illustrate that zebrafish fin regeneration is a potent
platform to study bone healing and characterize drugs that stimulate regenerative potential.

Recreational drug use and abuse is a public health problem, and exposure to drugs
during pregnancy is growing due to the ongoing opioid crisis and marijuana legalization.
In a review from our laboratory and colleagues from Brazil [13], experiments using the
zebrafish to model effects of marijuana and opioid exposure during development were
discussed. The effects of exposure to these drugs during pregnancy are less severe than
ethanol exposure and are poorly understood. However, growing evidence indicates that
there are lasting defects caused by marijuana and opioid exposure. Our review discusses
the zebrafish endocannabinoid and opioid signaling system in the zebrafish and the use
of this model for understanding the drug exposure-associated developmental defects and
identifying treatments.

Amin et al. [14] examined the effects of embryo exposure to the intoxicating ingredient
in marijuana, THC, on the nervous system and muscle development. THC exposure during
early development affected the Mauther cell, a large neuron that helps control the escape
response in the zebrafish and related organisms. THC-exposed zebrafish also exhibited
changes in muscle cells. Swimming behavior was affected by THC exposure, showing that
there are significant consequences of THC exposure during development that are evident
in the zebrafish model.

An impressive and diverse set of articles are found in the Special Issue of Biomedicines
“Zebrafish Models for Development and Disease” that represent a significant scope of the
zebrafish research arena. The common themes of the Special Issue include neuroscience,
behavioral analysis, disease models and regenerative biology. These topics bridge the
foundations of the zebrafish model with the areas that are growing in the field, like
behavior and regeneration. The zebrafish model still has potential to spare. The model is
used to test ecological toxicology, evolutionary biology, cancer biology and many other
topics. There is still untapped potential of the zebrafish model that will be exploited in the
future. Efforts to use the zebrafish to screen for new therapeutics are ongoing, but it seems
clear that there is still room for growth. The CRISPR/Cas9 gene editing technology makes
new powerful experimental models. For example, humanizing genes in the zebrafish for
use in drug discovery is now a real possibility. Certainly, there are limits to the zebrafish
model, but as Albert Einstein said, “Everybody is a genius. But if you judge a fish by its
ability to climb a tree, it will live its whole life believing that it is stupid.” We can look
forward to more genius coming from the zebrafish model!

Author Contributions: Writing—original draft preparation, J.A.M. and S.S.; writing—review and
editing, J.A.M. and S.S.; funding acquisition, J.A.M. and S.S. All authors have read and agreed to the
published version of the manuscript.
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Abstract: Gelatinase A (Mmp2 in zebrafish) is a well-characterized effector of extracellular matrix
remodeling, extracellular signaling, and along with other matrix metalloproteinases (MMPs) and
extracellular proteases, it plays important roles in the establishment and maintenance of tissue
architecture. Gelatinase A is also found moonlighting inside mammalian striated muscle cells,
where it has been implicated in the pathology of ischemia-reperfusion injury. Gelatinase A has no
known physiological function in muscle cells, and its localization within mammalian cells appears
to be due to inefficient recognition of its N-terminal secretory signal. Here we show that Mmp2 is
abundant within the skeletal muscle cells of zebrafish, where it localizes to the M-line of sarcomeres
and degrades muscle myosin. The N-terminal secretory signal of zebrafish Mmp2 is also challenging
to identify, and this is a conserved characteristic of gelatinase A orthologues, suggesting a selective
pressure acting to prevent the efficient secretion of this protease. Furthermore, there are several
strongly conserved phosphorylation sites within the catalytic domain of gelatinase A orthologues,
some of which are phosphorylated in vivo, and which are known to regulate the activity of this
protease. We conclude that gelatinase A likely participates in uncharacterized physiological functions
within the striated muscle, possibly in the maintenance of sarcomere proteostasis, that are likely
regulated by kinases and phosphatases present in the sarcomere.

Keywords: Gelatinase A; Mmp2; zebrafish; sarcomere; myosin; proteostasis; phosphorylation; TAILS;
secretion

1. Introduction

Matrix metalloproteinases (MMPs) are a complex family of about two dozen zinc-dependent
proteases classically known for their roles in extracellular matrix (ECM) remodeling during development
and disease, particularly in the contexts of inflammation and tumor biology [1–7]. They are broadly
classified on the basis of their substrate specificities and structures into ‘Collagenases’ (MMPs 1, 8,
13, and 18), ‘Gelatinases’ (MMPs 2 and 9), ‘Metalloelastase’ (MMP12), ‘Stromelysins’ (MMPs 3, 10,
and 11), ‘Matrilysins’ (MMPs 7 and 26), ‘Enamelysin’ (MMP20), ‘Epilysin’ (MMP28), ‘Membrane
Type MMPs’ (MMPs 14, 15, 16, 17, 24, and 25), and ‘Other MMPs’ (MMPs 19, 21, 23, and 27) [3].
MMPs are generally localized to the extracellular space via type I secretion [8], regardless of whether

Biomedicines 2019, 7, 93; doi:10.3390/biomedicines7040093 www.mdpi.com/journal/biomedicines
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they are secreted or membrane-type MMPs, with the exception of MMP23. Classical type I secretion
via recognition of an N-terminal signal peptide targets other MMPs to the endoplasmic reticulum
during translation, whereas MMP23 enters the ER/Golgi network post-translationally (i.e., it undergoes
type II secretion), and is presented on the cell surface with its carboxyl end facing extracellularly [9].
MMPs are released into the extracellular environment or presented on the cell surface as inactive
zymogens, and require the removal of an N-terminal propeptide (through the activity of pro-protein
convertases or other proteases, including other MMPs) in order to become active [3,10]. Importantly,
this irreversible post-translational proteolytic activation is emerging as one of, if not the most important
level at which MMP activity is regulated, making the many reports focusing on changes in expression
at the mRNA level difficult to interpret, as the biologically relevant activity is not well correlated
with mRNA levels [11]. Novel approaches that focus on this post-translational activation (e.g., [12])
provide exciting opportunities to understand the regulation of MMP activity in vivo better. Once active,
MMPs cleave a wide variety of extracellular matrix (ECM) and non-matrix proteins, including cell
adhesion molecules, solute carriers, membrane receptors, and signaling molecules, and participate in a
myriad of pathological and cell biological processes above and beyond matrix remodeling [3,6,13–15].
In addition to these well-established and undeniably important extracellular functions, many MMPs
are also detected intracellularly in a variety of mammalian cell types [16–18]. They have been found in
the cytosol [19–22], within the nucleus [20,23,24], and within mitochondria [19,22]. The mechanism(s)
resulting in intracellular localization and the roles they play in these contexts remains poorly understood.

Gelatinase A (in humans the gelatinase A protein is called MMP-2, in mice it is referred to as
MMP2, and in zebrafish as Mmp2; we have endeavored to be consistent with the naming conventions
of the organisms in question, and have used ‘gelatinase A’ as the generic descriptor) is among the
best-studied of the MMPs, and it is present nearly ubiquitously in embryonic and adult tissues of all
vertebrates that have been examined. Surprisingly, mice deficient for MMP2 are viable and exhibit
only subtle phenotypes (reviewed in [25]). However, anti-sense mediated knockdown of Mmp2 in
zebrafish results in dramatic perturbations of embryonic development [26]. This is likely due to a
combination of reduced redundancy between MMPs in zebrafish and their more rapid development
providing less opportunity for compensatory mechanisms to mitigate the loss of Mmp2 activity [27].
Gelatinase A is among the MMPs found intracellularly [19,21,22,28], and it has been the focus of
significant attention in the context of ischemia/reperfusion injury in cardiac muscle [29–32]. In human
and murine myocytes, immunogold localization suggests it is concentrated in the sarcomeres at the
Z-discs [19,22]. In human cells, MMP-2 protein accumulates intracellularly due to a poorly recognized
N-terminal secretory signal; replacement of this sequence with a stronger signal sequence results
in dramatically more efficient secretion, and N-terminal addition of the MMP-2 secretory signal to
proteins otherwise efficiently targeted to the secretory pathway results in a dramatic reduction in the
efficiency of this targeting [21].

Like research into their extracellular functions, investigations into intracellular functions of MMPs
(including gelatinase A), have focused primarily on their pathological activities. In the context of
mammalian cardiac muscle, ischemia/reperfusion events result in the production of reactive oxygen
species (ROS), which can directly or indirectly modify the sulfhydryl group of the cysteine switch
present in the autoinhibitory propeptide of gelatinase A, activating the protease [33]. Once activated,
gelatinase A degrades several sarcomeric proteins, resulting in loss of contractility [31,34]. The upshot
of this is that inhibition of gelatinase A activity is a promising avenue for mitigating the damage
of ischemia/reperfusion injury in a clinical setting [30–32], but the question of why this potentially
dangerous protease accumulates within the myocytes in the first place – i.e., what, if any, physiological
functions does gelatinase A have in the sarcomere – remains unaddressed.

As well as cardiac muscle, gelatinase A has recently been detected in mammalian skeletal
muscle [22,28]. Curiously, for an ostensibly extracellular enzyme, its proteolytic activity is subject to
regulation by phosphorylation [35–37]. While extracellular kinases exist, and there are other examples
of proteins with extracellular functions that are modulated by phosphorylation [38,39], the vast majority
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of kinases and phosphatases function intracellularly, and the sensitivity of mammalian gelatinase
A to this type of regulation is surprising in the absence of any known intracellular function. It has
been suggested that the inefficient secretion and susceptibility to regulation by phosphorylation of
mammalian MMP2 may be ‘evolutionary spandrels’; quirks of this particular protease that have arisen
as a result of unrelated adaptive changes that lack sufficient negative consequence to drive strong
selection against them. If this were the case, we would not expect to find intracellular localization and/or
phosphorylation of gelatinase A orthologues conserved across distantly related species. Here we begin
to address these questions by examining the localization of Mmp2 in developing zebrafish embryos,
and by analyzing the conservation of sequence features relating to the targeting of the protease to the
type I secretory pathway and its phosphorylation by kinases.

We find that zebrafish Mmp2 is distinctly localized within the skeletal muscle cells of both
embryos and adults, but at the M-lines rather than Z-discs, and only after sarcomerogenesis is complete.
The N-terminal secretory signals of gelatinase A orthologues are consistently poorly recognized
as such across a broad phylogenetic array of taxa, suggesting a selective pressure to maintain an
intracellular pool of the protease. Furthermore, there are several strongly conserved phosphorylation
sites suggesting the existence of an undiscovered intracellular system of kinases and phosphatases that
regulate the activity of gelatinase A within the sarcomere. Finally, we observe that the protein most
notably protected from proteolysis by the inhibition of MMP activity in zebrafish embryos is muscle
myosin heavy chain, suggesting that sarcomeric proteins are genuine MMP substrates in vivo and that
the Mmp2 we detect in the M-lines of embryonic skeletal muscle is likely degrading this component
of thick filaments under normal physiological conditions. Taken together, this data suggests there
is an ancient and conserved role for gelatinase A in the regulated turnover of sarcomeric proteins
in vertebrates.

2. Experimental Section

2.1. Zebrafish Husbandry

Embryos were collected by natural spawning from adult wildtype (Tübingen) zebrafish maintained
on a 14 h light: 10 h dark schedule in a flow-through system at between 26 ◦C and 28.5 ◦C, and staged
according to [40]. Embryos were raised in standard Embryo Rearing Medium (ERM: 13 mM NaCl,
0.5 mM KCl, 0.02 mM Na2HPO4, 0.04 mM KH2PO4, 1.3 mM CaCl2, 1.0 mM MgSO4, and 4.2 mM
NaHCO3, pH 7.4) at 28 ◦C, dechorionated manually using fine forceps, and either fixed at the
desired stage in Dent’s fixative (80% methanol, 20% dimethyl sulfoxide (DMSO)) overnight at 4 ◦C,
or homogenized as described below. Adult tissues were obtained by selecting healthy individuals
(both male and female), sacrificing by MS-222 overdose, and dissection on ice. Dissected tissues were
fixed in Dent’s fixative as above. All work with zebrafish was done with the approval and under the
supervision of the University of New Brunswick’s Animal Care Committee (ACC Protocols 10013
(approved May 14, 2010), 11016 (approved May 16, 2011), 12013 (approved May 10, 2012), 13001,
13013 (May 13, 2013) and 14014 (approved May 7, 2014)), in accordance with the Canadian Council on
Animal Care Guidelines.

2.2. Immunofluorescence and Cryosectioning

Samples were washed with PBSTx (0.1% Triton X-100 in Phosphate-Buffered Saline (PBS: 137 mM
NaCl, 2.7 mM KCl, 20 mM phosphate pH 7.3)) five times for five minutes to remove fixative, blocked
in blocking buffer (5% bovine serum albumin (BSA) in PBSTx) overnight at 4 ◦C, and incubated with
primary antibodies; rabbit anti-zebrafish-Mmp2 (Anaspec catalog #55111, Freemont, CA, USA) and
mouse anti-α-actinin (Sigma, catalog #A7811, Oakville, ON Canada), diluted (1:1000) in blocking buffer
overnight at 4 ◦C. Samples were washed another five times for five minutes with PBSTx and then
incubated with fluorescent conjugated secondary antibodies (Alexa-488 conjugated goat anti-rabbit
IgG, as well as Alexa-633 conjugated goat anti-mouse IgG (Invitrogen, Carlsbad CA, USA) in samples
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processed for double labeling) diluted (1:1000) in blocking buffer overnight at 4 ◦C. After the final
incubation, they were again washed with PBSTx, five times for five minutes each, and imaged using
a Leica SP2 laser scanning confocal microscope (Leica, Wetzlar, Germany) with 20 × 0.7 NA water
immersion and 63 × 1.4 NA oil immersion lenses.

For cryosectioning, 72 hours post-fertilization (hpf) zebrafish embryos were processed for
double-labeling immunofluorescence as described above, washed in PBSTx, and embedded in 2.3 M
sucrose dissolved in PBS overnight at 4 ◦C. The following day, the embedded embryos were frozen
with liquid nitrogen and cut into 500 nm ultrathin sections using a Leica Ultracut T ultramicrotome.
Sections were mounted on poly-l-Lysine coated glass slides and imaged as described above.

Images were assembled, and scale bars added using FIJI [41], and overlapping confocal stacks
were projected stitched for the composite image shown in Figure 1A using the pairwise stitching
plugin [42].

2.3. Immunoblotting

Embryos were collected at specified stages, dechorionated, and anesthetized in 0.4 mg/mL buffered
tricaine before being homogenized in TRIzol (Thermo Fisher Scientific, Waltham, MA, USA) and stored
at −20 ◦C. Homogenates were thawed on ice, centrifuged to remove insoluble debris, and protein
separated from nucleic-acid containing fractions, according to the manufacturers directions. Protein
pellets were solubilized in SDS-PAGE sample buffer (45 mM Tris pH 6.8, 10% glycerol, 1% SDS,
0.01% bromophenol blue, 50 mM DTT) and concentration was determined by BCA assays (Pierce,
Rockford IL, USA). Three-hundred and fifty μg of protein from each stage was resolved on a 12%
acrylamide gel, transferred to PVDF membrane, and the membrane incubated in blocking buffer
(PBS with 0.1% Tween-20 (PBSTw) and 5% w/v skim milk powder) for 2 h at RT with gentle agitation.
Membranes were probed with anti-zebrafish-Mmp2 (Anaspec, Freemont, CA, USA) diluted at 1:5000
in blocking buffer overnight at 4 ◦C. Unbound antibody was removed with three ten minute washes in
PBSTw with gentle agitation at room temperature, and bands were visualized by incubating for 2 h
at RT with HRP-conjugated goat anti-rabbit IgG (Invitrogen, Carlsbad, CA, USA) diluted 1:10000 in
blocking buffer, followed by three ten minute washes in PBSTw and detection using PierceTM ECL Plus
Western Blotting Substrate (ThermoFisher Scientific).

2.4. Analysis of Signal Peptides

Gene records for MMPs were retrieved from the NCBI Genbank database via keyword searches.
The set of the longest protein sequences from each gene record were curated manually to include only
sequences for which the gene symbol indicates an MMP. The sequence sets for each MMP, and the
vitronectin control, were then aligned using MUltiple Sequence Comparison by Log-Expectation
(MUSCLE 3.8.31 [43]), and the alignment was trimmed in AliView [44] to include only entries with
highly conserved sequences in the first two dozen amino acids to avoid annotation errors in starting
position or isoforms with divergent start positions. Sequences were removed from the analysis if they
had gaps in the first fifteen amino acids, or if their start position was divergent from the consensus.
The resulting set of sequences were processed using SignalP 4.1 [45] and mean S scores for each protein
were graphed using R [46–48].

2.5. Phosphorylation Score Analysis

Phosphorylation scores for all orthologues of gelatinase A were predicted using NetPhos [49,50].
A multiple sequence alignment calculated using MUSCLE [43] was used to create a gap-map to
translate the locations of possible phosphorylation sites (exported with the position in the amino acid
sequence) from sequence coordinates into alignment coordinates and then back into the coordinates
of a reference sequence (in this case the Danio rerio sequence). Sites were then restricted to those
with scores higher than 0.65 and conservation in at least 97% of sequences (202 sequences out of 208).
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The line segment plot and domain map with disulfide bridges were drawn in R (R Core Team, 2017,
https://www.r-project.org/), with aesthetics as used elsewhere for human MMP2 analysis [35].

2.6. Terminal Amine Isotopic Labeling of Substrates (TAILS)

TAILS identification of MMP substrates was performed as previously described [51]. Briefly,
2000 embryos were reared at 28 ◦C in ERM until 24 hpf, manually dechorionated with fine forceps,
and then split into groups of 1000 and incubated at 28 ◦C with 3 μM phenanthroline (Sigma) or
DMSO (vehicle) controls until 48 hpf and flash-frozen in liquid nitrogen. Proteomes were prepared
as previously described, and their quality verified by SDS-PAGE. Proteomes were reduced and
alkylated, and primary amines were labeled using 40 mM formaldehyde and 20 mM cyanoborohydride,
using heavy (13CD2O and NaBD3CN) isotopically labeled reagents in the control reactions, and light
(12CH2O and NaBH3CN) in the MMP-inhibited proteome, at 37 ◦C overnight. Labeled proteomes
were precipitated with ice cold methanol, resolubilized in 50 mM HEPES pH 7.5, and digested with
5 μg of Trypsin Gold (Promega) overnight at 37 ◦C. Completion of trypsin digestion was verified
by SDS-PAGE, and the peptides with newly generated amino-termini were removed by coupling to
amine-reactive polymer, leaving only labeled N-terminal peptides from the original proteomes free in
solution. Peptides were collected by filtration using 10 kD cut-off ultrafiltration (Amicon), pooled and
acidified to pH 3 using formic acid, and bound to C18 stage tips before analysis by mass spectrometry
using an LTQvelos Orbitrap as previously described [52]. Peptides were identified using MaxQuant
(1.4.1.2) and the zebrafish UniProt (FASTA, 2014, Danio rerio) database. Peptides with a heavy:light
ratio >3 were identified as amino termini significantly enriched in the control proteome, and therefore
being representative of substrates protected by inhibition of MMPs.

3. Results

3.1. Mmp2 is Expressed after Gastrulation and Accumulates Intracellularly at the M-Lines of Skeletal Muscle
Sarcomeres

Previous studies of mmp2 expression in zebrafish embryos using in situ hybridization and RT-PCR
suggested ubiquitous expression from early cleavage (1.5 h post-fertilization (hpf)) onwards [26],
but no data on the distribution of the protein in zebrafish embryos has been published. Immunoblots of
whole embryo homogenates probed with an antibody against zebrafish Mmp2 reveal little expression
prior to the completion of gastrulation and the onset somitogenesis (~12 hpf), consistent with publicly
available RNAseq data (http://www.ebi.ac.uk/gxa/experiments/E-ERAD-475). Both transcript and
protein increase in abundance until about 72 hpf (Figure 1). Indirect immunofluorescence reveals
broad, indistinct immunoreactivity starting during segmentation (data not shown). As the embryo
develops, Mmp2 becomes increasingly abundant in the skeletal musculature, exhibiting apparently
sarcomeric staining at high magnifications (Figure 1A and B). Strong immunoreactivity is also apparent
associated with the posterior tip of the notochord, actinotrichia of the fins, neuromasts, mesenchymal
cells in the head and eyes, and some axonal projections in the eyes and musculature. These axonal
projections are not immunoreactive with the sensory neuron-specific antibody Zn-12 [53], suggesting
they are likely a subset of motor-afferents (Figure S1).
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Figure 1. Mmp2 is expressed ubiquitously from early development and accumulates in a striated
pattern within the skeletal muscle. (A) Composite confocal projections of a 72 hpf embryo stained
with anti-Mmp2 exhibiting labeling throughout the embryo with notable accumulation in the skeletal
muscle (scale bar = 200 μm). (B) High magnification view of a single confocal section through the trunk
musculature (indicated by the inset) showing strong labeling of the myotome boundary (upper left
corner), and striated staining in myofibrils (scale bar = 10 μm). (C) RNASeq data showing absolute
abundance of mmp2 transcripts in embryos from fertilization to five days post-fertilization (dpf).
(D) Immunoblot of whole embryo homogenates (350 μg per lane) made from 2 hpf (cleavage), 5 hpf
(50% epiboly), 12 hpf (early somitogenesis), 18 hpf (late somitogenesis), 24 hpf (prim-5), 48 hpf (long
pec), and 72 hpf (protruding mouth) embryos probed with anti-Mmp2. Immunoreactivity is detected in
embryos after 12 h of development, with bands at the expected mobility for full-length Mmp2 (72 kD)
and stronger bands at 44 and 20 kD, which combine to give the expected size for activated Mmp2
(64 kD).

Double immunofluorescence using an antibody against the Z-disc component α-actinin reveals
Mmp2 immunoreactivity in distinct bands localized precisely between the α-actinin-positive Z-discs,
corresponding with the M-line of the sarcomeres, in both embryonic and adult skeletal muscle (Figure 2).
Consistent with M-line localization, Mmp2 immunoreactivity co-localizes with myosin heavy chain
labeled with mAb F59 [54] (Figure S2). The dimensions of the confocal voxels in these micrographs have
an axial resolution of 0.617μm (calculated using https://svi.nl/NyquistCalculator), which is substantially
less than the diameter of an adult myofibril (>10 μm), but uncomfortably close to the diameter of an
embryonic myofibril (~1 μm). It is therefore theoretically possible that the Mmp2 immunoreactivity
in the embryonic musculature could be superficial, rather than genuinely intracellular. To eliminate
this possibility, we repeated the α-actinin/Mmp2 double immunofluorescence on ultrathin (500 nm)
cryosections of skeletal muscle from 72 hpf embryos, thereby physically eliminating the possibility
of superficial staining artifactually appearing between α-actinin immunoreactive Z-discs. Again,
we observe robust Mmp2 immunoreactivity precisely between α-actinin positive Z-discs (Figure 2C).
In all three preparations, the intensity of Mmp2 immunoreactivity correlates negatively with the
intensity of α-actinin staining (correlation coefficients of −0.537, −0.496, and −0.649 in the confocal
images of embryonic, adult, and cryosectioned embryonic muscle, respectively). This demonstrates
unequivocally that Mmp2 protein accumulates at the M-lines of zebrafish skeletal muscle.
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Figure 2. Mmp2 is localized between Z-discs in sarcomeres of embryonic and adult muscle. Confocal
micrographs of skeletal muscle from 72 hpf embryos (A) or adults (B), and 500 nm thick cryosection
of 72 hpf skeletal muscle (C) stained with anti-α-actinin (red) and anti-Mmp2 (green). Greyscale
intensity profiles of both channels along a line drawn perpendicular to the sarcomeres are shown below
each micrograph. Mmp2 immunoreactivity occurs at regularly spaced intervals precisely between the
α-actinin-labeled Z-discs. Scale bars = 10 μm.

3.2. Mmp2 Accumulates at M-Lines Subsequent to Sarcomere Assembly

The skeletal musculature of vertebrates is derived from mesodermal somites, which form in
zebrafish embryos starting around 11 hpf, with functionally contractile musculature arising around
18 hpf [40,55]. Since Mmp2 protein begins to accumulate prior to muscle cell differentiation and
sarcomere formation, we wondered if the concentration of this protease in the sarcomeres begins
before or after the assembly of the Z-discs from Z-bodies, during early sarcomereogenesis [56].
α-actinin/Mmp2 double immunofluorescence of the differentiating myofibrils in the trunk of 24 hpf
embryos reveals the formation of nascent Z-discs in the periphery of early multi-nucleate myofibrils,
but Mmp2 immunoreactivity remains roughly homogeneous within these cells at this stage, showing
no strong correlation or anticorrelation with α-actinin immunoreactivity (correlation coefficient of
0.334) (Figure 3), suggesting that whatever role Mmp2 plays, its accumulation does not precede
sarcomere formation.

3.3. Gelatinase A Orthologues have poorly Recognized Signal Sequences

The apparent abundance of Mmp2 within the skeletal muscle cells of the zebrafish embryos
and adults led us to wonder if the zebrafish Mmp2 protein has an inefficiently recognized secretory
signal peptide, as is the case in the human MMP-2 [21]. SignalP 4.1 is a software neural network
trained to recognize class I secretory signals in eukaryotic proteins using known secreted proteins [45].
It is used routinely to identify secreted proteins in zebrafish and other vertebrates [57]. SignalP
outputs C, S, Y, and D scores, representing predicted signal peptide cleavage sites, overall ‘signal
peptideness’, a combined cleavage site prediction, and a final type I secretory protein ‘discrimination
score’, respectively [45]. The zebrafish Mmp2 protein has an N-terminal secretory signal, but like the
human MMP-2 protein, this sequence is barely recognizable by SignalP (zebrafish Mmp2 Smean = 0.795;
human MMP-2 Smean = 0.845; typical secreted proteins have Smean scores > 0.9), suggesting that, as is
the case in mammals, a significant proportion of the Mmp2 protein produced in zebrafish cells escapes
recognition by the signal recognition particle and is retained in the cytosol after translation. Given that
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the secretory signal is removed from the N-terminus of the protein as it is translocated through the Sec61
complex [58], the sequence of this part of the protein cannot affect the folding or activity of the rest of the
molecule once it enters the secretory pathway. So it is difficult to imagine any selective pressures that
would prevent this sequence converging on an efficiently recognized secretory signal unless there are
advantageous physiological processes that require gelatinase A within the cell (where this N-terminal
sequence would be retained). We tested this hypothesis by comparing the S scores of 208 gelatinase
A orthologues to those of orthologues of an extracellular matrix protein that is efficiently secreted
(vitronectin) and those of all other secreted MMPs, including orthologues of MMP23, which undergoes
type II secretion and therefore lacks a conserved N-terminal secretory signal (Figure 4). As expected,
orthologues of vitronectin have consistently well-recognized signal sequences, and orthologues of
MMP23 have N-termini without recognizable signal sequences. Interestingly, while almost all other
secreted MMPs have easily recognizable signal sequences, orthologues of gelatinase A (and MMP21)
have consistently less recognizable N-terminal secretory signals. This suggests that there are selective
pressures acting against efficient secretion of gelatinase A and MMP21.

 

Figure 3. Sarcomeric Mmp2 begins to accumulate subsequent to the assembly of Z-disks. (A) Confocal
section through the trunk musculature of a 24 hpf embryo posterior to the yolk extension, at the position
at which myofibrils are differentiating. (B) Sarcomeric α-actinin (red) is beginning to become apparent
as Z-bodies in the periphery of differentiating myocytes, but Mmp2 immunoreactivity (green) remains
roughly homogeneously distributed. Greyscale intensity profiles of both channels along a line drawn
through the periphery of a differentiating myocyte are shown below the micrograph. Scale bar = 10 μm.

3.4. Gelatinase A has Conserved Phosphorylation Sites that Regulate its Enzymatic Activity

Consistent with it having unrecognized intracellular functions, the proteolytic activity of gelatinase
A is regulated by phosphorylation [35]. NetPhos 4.1 predicts both generic and kinase-specific
phosphorylation sites in eukaryotic proteins [49,50], and several of the sites it identifies in human
MMP-2 have been empirically verified [37]. Of the gelatinase A sequences currently known, there are
five predicted phosphorylation sites that are conserved in all 208 orthologues (Figure 5). Two of these
are sites that have been empirically verified as being phosphorylated in vivo, and all of them occur
within the catalytic domain of the protein. There are five more sites that are conserved in 99% of
sequences, and another three that are conserved in 97% of gelatinase A sequences. The extremely
strong conservation of these known and predicted phosphorylation sites suggests they are under
functional constraint, implying the existence of regulatory kinases and phosphatases that modulate the
activity of this protease in an intracellular context.
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Figure 4. The secretory signal peptide of gelatinase A orthologues is consistently and significantly less
likely to be recognized than that of most other type-I secreted proteins. Violin plots of mean ‘S’ scores of
the N-terminal secretory signals from orthologues of vitronectin (Vtn) and all secreted MMPs. MMPs
with mean S score statistically indistinguishable from vitronectin are shown in blue. Mean S scores for
orthologues of gelatinase A (red) are significantly lower than those of vitronectin and other secreted
MMPs apart from MMP21 and MMP23, which undergoes type II secretion and therefore, does not have
an N-terminal secretory signal. Statistically, indistinguishable groups are indicated with letters at the
top of the plot, and the number of orthologues of each protein analyzed is indicated along the x-axis.

 

Figure 5. Gelatinase A orthologues have highly conserved phosphorylation sites. Putative serine (solid
lines), threonine (dashed lines), and tyrosine (dotted lines) phosphorylation sites conserved in 100%
(black), 99% (dark grey), or 97% (light grey) of gelatinase A orthologues are shown with respect to
a structural schematic of the gelatinase A protein, illustrating the signal sequence (1–29 (orange)),
propeptide (30–107 (grey)), catalytic domain (118–446 (green)) with fibronectin-like repeats (light green),
and hemopexin-like domain (463–657 (purple)). Cysteines are indicated with yellow spots, connected
by horizontal lines if they are predicted to participate in intramolecular disulfide bonds. Conserved
residues that have been empirically demonstrated to be phosphorylated in vivo in the human protein
are indicated with asterisks.

3.5. Myosin is a Target of Metalloproteinases in Zebrafish Embryos in vivo

A longstanding problem in MMP biology has been the identification of genuine substrates
in vivo [59–62]. Recently, terminal amino isotopic labeling of substrates (TAILS) has been used to
quantitatively compare the abundance of novel N-termini between proteomes of samples collected
under conditions with and without the activity of (a) specific protease(s), in order to generate
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‘degradomes’ that allow the identification of proteins that are genuine targets of the protease(s)
in question [51]. We used TAILS to compare the degradomes of 48 hpf zebrafish embryos in the
presence or absence of the broad-spectrum MMP inhibitor phenanthroline [63]. We were able to
identify 321 peptides using the zebrafish UniProt database, 49 of which exhibited heavy/light ratios
greater than 3, indicating they are likely targets of proteases inhibited by phenanthroline (Data S1).
A disproportionately high 24% (12/49) of these are fragments of myosin, four of which have isoleucine,
leucine, or valine in the P1′ position characteristic of gelatinase A cleavage sites [64] (Table 1). Thus,
it appears that myosin is a genuine physiological target of MMPs in vivo, and it is likely that Mmp2
contributes at least some if not all, of the relevant proteolytic activity targeting this primary component
of the thick sarcomeric filaments.

Table 1. Myosin peptides represent 24% of significant hits in TAILS after inhibition of metalloproteinases
in 48 hpf zebrafish embryos. (Bold indicates P1′ residues typical of Gelatinase A substrates).

Myosin Peptide P1′ Residue Normalized H/L Ratio

DLEESTLQHEATAAALR Asp 8.3856
IEELEEELEAER Ile 7.6228
ELETEIEAEQR Glu 6.6756

ADLSRELEEISER Ala 4.6963
VRELESEVEAEQR Val 4.4234

TLEDQLSEIKSKNDENLR Thr 3.4527
VQLELNQVKSEIDR Val 3.4453

LEDEEEINAELTAKKR Leu 3.3276
ELESEVEAEQR Glu 3.1041

ADIAESQVNKLR Ala 3.0920
EQFEEEQEAKAELQR Glu 3.0497

QLEEKEALVSQLTR Gln 3.0294

4. Discussion

Gelatinase A is well known for its roles in ECM remodeling during development and wound
healing, and as a central player in a wide variety of pathologies such as tumor metastasis and fibrosis
of various tissues [65]. It also has key roles in complement activation [66] and in the regulation of
chemokine and cytokine signaling in vivo [6,7]. In addition to these extracellular roles, Gelatinase
A functions as an intracellular enzyme [16], but the mechanism(s) by which it becomes resident
intracellularly and its function(s) in this context remain poorly understood. Why this potentially
dangerous protease is not secreted more efficiently, thereby protecting cells from its inappropriate
intracellular activation, is a mystery. Mutations in the sequence encoding the N-terminal secretory
signal cannot affect the function of the protein once it enters the secretory pathway as the signal
sequence is removed during translation [8,57], so one would expect the signal sequence of any protein
that functions exclusively extracellularly to converge on one that is easily recognized by the signal
recognition particle. This appears to be true for most secreted proteins, including most MMPs, but not
for orthologues of gelatinase A.

The N-terminal secretory signal of human MMP-2 is inefficiently recognized, and secretion of
MMP-2 can be dramatically improved by mutating this sequence such that it is better recognized by
the signal recognition particle [21]. This is not an idiosyncrasy of the human protein; we observe
that orthologues of gelatinase A across a broad phylogenetic array of taxa have N-terminal secretory
signals that are consistently difficult to recognize, suggesting that there is a selective pressure that
maintains this curious inefficiency, effectively splitting the production of gelatinase A protein between
the outside and the inside of cells expressing this gene. Consistent with this, in the zebrafish Mmp2
protein is present within the myocytes of embryonic and adult skeletal muscle, demonstrating that this
is a general feature of striated muscle cells and not a peculiarity of mammalian cardiac myocytes or
mammalian cells in general. It is difficult to envision a scenario in which it would be advantageous to
maintain a portion of any protein, let alone a potentially dangerous protease, within the cell if there
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were no adaptive functions for that molecule to fulfill within the cell, especially when mutations that
increase the efficiency of secretion do not require changes to the sequence of the mature protein.

We detect Mmp2 at the M-lines of sarcomeres in skeletal muscle, and our TAILS data demonstrates
that the myosin of thick filaments found in the M-band is degraded by MMPs—likely including
Mmp2—under normal physiological conditions. This inconsistency with previous reports localizing
mammalian MMP2 to Z-discs [19,22], may represent a genuine difference between cardiac and skeletal
myocytes, or between mammalian and teleost myocytes, or both. Alternatively, this may represent
an aspect of the functional regulation of gelatinase A activity; it may shuttle between these locations,
similarly to the shuttling between the Z-disc and A-band exhibited by the myosin chaperones Unc45b
and Hsp90 [67]. It is tempting to speculate that such changes in the localization of gelatinase A might
be regulated by changes in its phosphorylation status.

Gelatinase A purified from mammalian cells is definitely phosphorylated, and while we may
speculate on how its phosphorylation status may alter its localization, there is no doubt that
phosphorylation profoundly alters its enzymatic activity [35–37]. This is likely true of zebrafish
Mmp2, and the conservation of verified and putative phosphorylation sites suggests it is likely true
of all gelatinase A orthologues. While ATP is generally not abundant extracellularly, extracellular
kinases do exist and tissue inhibitor of matrix metalloproteinases 2 (TIMP-2) is phosphorylated
in vivo [38,68,69]. So we cannot rule out the possibility that the phosphorylation of gelatinase A
functions to regulate its extracellular activity. However, the most abundant extracellular kinases
phosphorylate serine within SxE motifs [69], and none of the putative or known phosphorylation sites
in gelatinase A match this pattern, nor are there known examples of other extracellular proteases that
are regulated by phosphorylation.

The M-band of the sarcomere is rich in kinases and phosphatases that are known to function in
regulating the turnover of sarcomeric proteins [70], although the specific mechanisms they regulate
remain somewhat obscure. This suggests to us that gelatinase A may play a role in maintaining the
proteostasis of the sarcomere, possibly contributing to the complex system mediating recycling of
surplus and damaged components of the thick filament during muscle cell development and in response
to exhaustive exercise [71–73]. The phosphorylation status of gelatinase A may therefore indicate the
physiological status of the myocyte, and the zebrafish is emerging as an excellent model system for
investigating these sorts of questions regarding muscle cell development and physiology [74,75].

The extracellular functions of gelatinase A and other MMPs remain important research questions,
but we must not neglect the intracellular functions of these proteins or consider them only in
pathological contexts [18]. Understanding the normal physiological mechanisms in which these
molecules participate, their molecular regulation, their development, and their evolutionary origins
will undoubtedly provide insights that are valuable in treating the pathologies that arise as a result of
their misregulation. There is clearly selective pressure on orthologues of gelatinase A and MMP21
to maintain an intracellular pool of these proteases; Mmp2 is consistently present in the sarcomeres
of striated muscle from fish to mammals, and sarcomeric proteins are predominant in the zebrafish
MMP degradome in vivo. Taken together with the conservation of putative and empirically verified
phosphorylation sites that regulate this proteolytic activity (and possibly localization) of this protease,
we conclude that gelatinase A likely plays an important unrecognized role in the physiology of striated
muscle that deserves more thorough investigation.
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Abstract: Cannabis is one of the most commonly used illicit recreational drugs that is often taken for
medicinal purposes. The psychoactive ingredient in cannabis is Δ9-Tetrahydrocannabinol (Δ9-THC,
hereafter referred to as THC), which is an agonist at the endocannabinoid receptors CB1R and
CB2R. Here, we exposed zebrafish embryos to THC during the gastrulation phase to determine the
long-term effects during development. We specifically focused on reticulospinal neurons known as the
Mauthner cells (M-cell) that are involved in escape response movements. The M- cells are born during
gastrulation, thus allowing us to examine neuronal morphology of neurons born during the time of
exposure. After the exposure, embryos were allowed to develop normally and were examined at two
days post-fertilization for M-cell morphology and escape responses. THC treated embryos exhibited
subtle alterations in M-cell axon diameter and small changes in escape response dynamics to touch.
Because escape responses were altered, we also examined muscle fiber development. The fluorescent
labelling of red and white muscle fibers showed that while muscles were largely intact, the fibers
were slightly disorganized with subtle but significant changes in the pattern of expression of nicotinic
acetylcholine receptors. However, there were no overt changes in the expression of nicotinic receptor
subunit mRNA ascertained by qPCR. Embryos were allowed to further develop until 5 dpf, when
they were examined for overall levels of movement. Animals exposed to THC during gastrulation
exhibited reduced activity compared with vehicle controls. Together, these findings indicate that
zebrafish exposed to THC during the gastrula phase exhibit small changes in neuronal and muscle
morphology that may impact behavior and locomotion.

Keywords: cannabinoids; Mauthner; motor neurons; muscle; NMJ; CNS

1. Introduction

THC (Δ9-Tetrahydrocannabinol) is the main psychotropic ingredient in the plant Cannabis sativa.
THC binds to and activates two distinct classes of G-protein coupled receptors: cannabinoid receptors
1 (CB1R) and cannabinoid receptors 2 (CB2R) [1]. CB1Rs are localized to the central nervous system
(CNS) [2–4], whereas CB2Rs are mainly associated with the peripheral nervous system, the immune
system [5,6], the digestive and reproductive systems, and to a small extent the CNS [7–9]. In chicks and
mice, CB1R protein expression occurs even before the onset of neuronal development [10] and increases
in a location-specific manner [11]. In rats, the offspring of mothers that were exposed to THC during
gestation show different locomotor and exploratory behavior compared with controls [12], and in
humans, prenatal exposure to THC leads to increased incidences of tremors and startle behaviors [13].
Significant evidence has been accumulated to show that prenatal or embryonic exposure to cannabinoids
alters a range of behaviors, physiological processes, and gene expression, in large part because it
appears to affect the normal functioning of the endocannabinoid (eCB) system. With regard to CNS
development, the eCB system has been shown to regulate neural progenitor proliferation, specification,
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and migration (Reviewed in [14]), axonal growth, pathfinding and fasciculation [3,15], and the
development of appropriate synaptic activity [16].

In zebrafish, CB1Rs are highly expressed in the hindbrain where they are associated with
reticulospinal neurons [3]. In fact, zebrafish express both CB1Rs and CB2Rs in the embryonic stages of
development [17]. CB1R expression appears low in early development prior to 24 hpf but increases
as development proceeds, whereas CB2R expression follows the reverse pattern, with high levels
prior to 24 hpf and lower relative levels thereafter [17]. The knockdown of CB1R expression with
morpholino antisense oligonucleotides, or block of CB1Rs with the receptor blocker AM251 alters
patterns of axonal growth [3]. These findings prompted us to ask whether early exposure to THC
alters the development of the primary reticulospinal neurons in the zebrafish hindbrain, the Mauthner
cell (M-cell). We specifically focused on M-cell morphology and aspects of locomotion associated
with M-cell function, such as the escape response to touch. M-cell neurons first appear around 8–9 h
post fertilization (hpf) in the middle of the developmental period known as gastrulation. In zebrafish,
gastrulation occurs from 5.25 hpf to 10.75 hpf [18]. At this stage, three germ layers are formed (ectoderm,
mesoderm, and endoderm) and primary neurons, including M-cells appear. Shortly after their birth,
the M-cells project an axon contralaterally and caudally down the spinal cord to the tail region [19].
As each M-cell projects down the cord, it forms synapses with primary motor neurons which innervate
the white muscle fibers of the trunk [19].

We had previously found that zebrafish embryos exposed to THC during gastrulation exhibited
altered fast escapes in response to acoustic but not mechanosensitive stimuli [20], indicating a possible
deficit with M-cell form or function. Our results from the present study indicate that M-cells are largely
intact following exposure to THC during gastrulation and that there appears to be minor but significant
changes to neuronal morphology. Moreover, muscle morphology and locomotor responses are also
impacted by exposure to THC.

2. Experimental Section

2.1. Animal Care and Exposure to THC

The fish used in this study were wild type zebrafish (Danio rerio) embryos of the Tubingen Longfin
(TL) strain that were maintained at the University of Alberta Aquatic Facility. All animal housing
and experimental procedures in this study were approved by the Animal Care and Use Committee
at the University of Alberta (AUP #00000816) and adhered to the Canadian Council on Animal Care
guidelines for humane animal use. For breeding, 3–5 adults, usually consisting of 3 females and
2 males, were placed in breeding tanks the evening before eggs were required. The following morning,
fertilized eggs were collected from the breeding tanks, usually within 30 min of fertilization. Embryos
and larvae were housed in incubators on a 12 h light/dark cycle, and set at 28.5 ◦C. Embryos were
exposed to egg water (EW; 60 mg/mL Instant Ocean) containing either 6 mg/L THC (diluted from
a stock solution obtained from Sigma; Δ9-Tetrahydrocannabinol solution 1.0 mg/mL in methanol) or
equivalent amounts of methanol during the period of gastrulation, which occurs between 5.25 hpf and
10.75 hpf. The exposure medium was then replaced at 10.75 hpf with 25 mL of fresh EW. Embryos
were washed several times in EW and then incubated in fresh EW until further experiments at 48 hpf.
For immunohistochemical studies, pigment formation was blocked by adding 0.003% phenylthiourea
(PTU) dissolved in egg water at 24 hpf. The dose of THC (6 mg/L) was selected based on our previous
work identifying critical concentration that affects survival and embryonic development [20].

2.2. Immunohistochemistry

Embryos (2 dpf) were fixed in 2% paraformaldehyde for 1–2 h and washed with 0.1 M phosphate
buffered saline (PBS) every 15 min for 2 h. The preparations were then permeabilized for 30 min in 4%
Triton-X 100 containing 2% BSA and 10% goat serum. Tissues were incubated for 48 h at 4 ◦C in either
mouse monoclonal anti-3A10 (Developmental Studies Hybridoma Bank, Iowa City, IA, USA) (1:250)
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which targets neurofilaments associated with M-cell [21] or anti-RMO44 (Thermo Fisher Scientific,
Waltham, MA, USA) (1:250) which labels several types of reticulospinal neurons. Tissues were also
incubated in anti-F59 which targets myosin heavy chain (Developmental Studies Hybridoma Bank,
1:50) isoform of red muscle fibers [22] or anti-F310 (Developmental Studies Hybridoma Bank, 1:100)
that targets myosin light chain 1 and 3f of white muscle fibers [23]. Tissues were washed in PBS twice
every 15 min for 2–3 h and then incubated for 4 h at room temperature in the secondary antibody,
Alexa Fluor®488 goat anti-mouse IgG or Alexa Fluor®555 goat anti-mouse IgG, (Molecular Probes,
Thermo Fisher Scientific), at a dilution of 1:1000. The embryos were then washed for 7 h with PBS
and mounted in MOWIOL mounting media. For the labelling of nicotinic acetylcholine receptors
(nAChRs), embryos at 2 dpf were permeabilized as previously stated and incubated with 100 nM
Alexa-488 conjugated α-bungarotoxin (Molecular Probes, Thermo Fisher Scientific) for 4 h at room
temperature. Embryos were then washed for 7 h with PBS and mounted in MOWIOL mounting media.
All embryos were imaged on a Zeiss LSM 710 confocal microscope (CA, USA) and photographed
under a 40x objective. Images were compiled using Zeiss LSM Image Browser software and are shown
as maximum intensity z-stack compilations. Measurements of the images were done using Image J
(ImageJ 1.51r, National Institutes of Health, Bethesda, MD, USA).

2.3. Escape Response in 2 dpf Embryos

Escape responses of 2 dpf embryos were tested and recorded as previously described [24]. Briefly,
2 dpf embryos were immobilized in 2% low-melting point agarose (LMPA; Sigma-Aldrich; St. Louis,
MO, USA) dissolved in embryo medium. LMPA was cut away from the embryo’s trunk and tails
allowing them to move, while the heads remained embedded in the gel. Embryo media was added
to the petri dish to ensure that the embryos remained immersed in solution. Borosilicate glass
micropipettes were pulled, filled with solution and then positioned close to embryo’s otolith without
touching the embryo. Embryos were stimulated using a 15 ms pulse of phenol red (Sigma-Aldrich)
dissolved in embryo media ejected from a Picospritzer II (General Valve Corporation, Cambridge, MA,
USA). Embryonic responses were recorded for about 900 ms following the stimulus using an AOS
video camera (AOS S-PRI 1995; 1250 FPS; shutter speed: 800 μs) mounted on a dissecting microscope.
The video-recordings were analyzed using a Motion Analysis Software, ProAnalyst®(Xcitex Inc.,
Cambridge, MA, USA).

2.4. qPCR of nAChR Subunits

To analyze the expression of different nAChR subunits, mRNA was extracted from whole embryos
(n = 30–50 embryos, N = 5 batches) using a Trizol reagent according to manufacturer protocol.
The concentration and purity of the RNA was determined by NanoDrop spectrophotometry (Thermo
Fisher Scientific). A Maxima First Strand cDNA Synthesis kit (Thermo Fisher Scientific) was used to
synthesize cDNA from 1 μg of the mRNA stocks according to the manufacturer’s protocol. cDNA was
diluted to 1:40 in 1 × TE buffer for real-time PCR reaction. TaqMan gene expression assays (Thermo
Fisher Scientific) for zebrafish chrna1, chrng and chrne that were previously validated [25] were reused
for qPCR reaction.

Quantitative real-time PCR was carried out with the 7500 Fast system (Applied Biosystems). For
each reaction (10 μL), 5 μL of 2 × TaqMan Gene Expression Mastermix, 0.5 μL of 20 × TaqMan Gene
Expression Assay, and 2.5 μL of Nuclease-free water was added to 2 μL of cDNA diluted to 1:40.
The thermal profile included a holding step of 50 ◦C for 2 min followed by another holding step of
95 ◦C for 10 min, and 40 cycles including denature at 95 ◦C for 5 s and anneal/extend at 60 ◦C for
1 min. All samples were run in triplicate and the threshold cycle (Ct) was determined automatically
by SDS software (Applied Biosystems). Outliers possibly originating from inaccurate pipetting were
omitted and Ct values were averaged. Housekeeping gene Beta -actin (actb1) was used as internal
control for our calculation. Comparative Ct Method (DDCt) was used for data representation using
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vehicle control as calibrator. No template controls (NTC) were included for each assay in every plate
as negative control.

2.5. Locomotor Activity in 5 dpf Larva

To track locomotor activities, individual 5 dpf larvae were placed in a single well of a 96-well plate,
then video-taped, and the data analysed according to previously published procedures [26,27]. Larvae
were gently positioned in the centre of wells containing 150 μL egg water, pH 7.0 and 48 wells were
used each time from a 96 well plate in our study (Costar #3599). Prior to video recording, larvae were
acclimated in the well plate for 60 min. Plates were placed on top of an infrared backlight source and
a Basler GenlCaM (Basler acA 1300-60) scanning camera with a 75 mm f2.8 C-mount lens, provided by
Noldus (Wageningen, Netherlands) was used for individual larval movement tracking.

EthoVision ®XT-11.5 software (Noldus) was used to quantify activity (%), velocity (mm/s),
swim bouts frequency and cumulative duration of swim bouts for one hour. To exclude background
noise, ≥0.2 mm was defined as active movement. Activity was defined as % pixel change within
a corresponding well between samples (motion was captured by taking 25 samples/frames per second)
as reported previously [27].

2.6. Statistics

All values are reported as means ± SEM (standard error of the mean). Significance was determined
using a non-parametric t-test between vehicle and treated group followed by Mann-Whitney analysis
where appropriate (p < 0.05). Comparisons between multiple groups were done by one-way ANOVA
followed by a Tukey post-hoc multiple comparisons test. Statistical analysis was done using the
statistical software built in to GraphPad prism.

3. Results

3.1. THC Exposure Reduces Axonal Diameter of M-Cell

In a previous study, we found that zebrafish embryos exposed to THC from 1–10 mg/L
exhibited morphological and neuronal changes that ranged from no effect at the lower concentrations,
to disorganized neuronal morphology and alterations in responses to sound at the higher
concentrations [20]. In the present study we continue our work by examining the morphology
of M-cells following exposure to the primary psychoactive ingredient in cannabis, THC. We exposed
zebrafish embryos to 6 mg/L THC as we had done previously and compared these embryos with
vehicle controls (0.6% methanol). An immunohistochemical analysis of M-cell morphology was
performed at 2 dpf with anti-3A10. Embryos exposed to THC exhibited M-cells that were largely
similar to controls but appeared disheveled and possessed slightly thinner and wispier looking axons
(Figure 1A–E). The diameter of the M-cell body was unchanged (p > 0.05; n = 8–10) (Figure 1C),
whereas the M-cell axon diameter was significantly smaller in the treated group compared with
controls (p < 0.05). Specifically, the M-cell diameter in the control group was 2.0 ± 0.1 μm (n = 8)
while it was 1.5 ± 0.1 μm (n = 11) in the THC treated group (Figure 1F). To confirm these findings,
we performed an additional immunohistochemical analysis of the M-cells by labelling reticulospinal
neurons using the anti-RMO44 antibody. We found that there was an overall reduction in the intensity
of the fluorescent labelling of many neurons in the THC-treated animals compared with controls
(Figure 1G,J). The diameter of the M-cell body remained unchanged (Figure 1I); however, the diameter
of the M-cell axon was significantly smaller (1.2 ± 0.06 μm, n = 9) in the treated group compared with
vehicle controls (1.8 ± 0.1 μm, n = 7) (p < 0.05) (Figure 1L). These results, obtained using two distinct
and independent antibodies, strongly suggest that the M-cells exhibit small but significant changes
following exposure to 6 mg/L THC in the gastrulation stage.
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Figure 1. Δ9-Tetrahydrocannabinol (THC) exposure reduces M-cell axonal diameter.
(A,G) Immunolabeling of M-cells with anti-3A10 and anti-RMO44 in a vehicle-treated embryo;
(B,H) Higher magnification of M-cell body and axon of vehicle-treated embryos. White arrow shows
the cell body of the M-cell. (C,I) Bar graph of the width of an M-cell body in vehicle and THC treated
embryos. (D,J) Immunolabeling of M-cells with anti-3A10 and anti-RMO44 in a THC-treated (6 mg/L)
embryo; (E,K) Higher magnification of M-cell body and axon of a THC-treated embryo. Red arrow
points to the proximal axon immediately anterior to the decussation point. (F,L) Bar graph of the
diameter of M-cell axons slightly anterior to the decussation point in vehicle and THC-treated embryos.
** Significantly different from vehicle control, p < 0.005. *** significantly different from vehicle control,
p < 0.001.

3.2. Escape Response Properties Were Altered Due to THC Exposure

To determine if the properties of the escape response had been altered by exposure to THC,
we recorded the C-bend following a mechanosensitive stimulus to the head of 2 dpf embryos.
The C-bend response rate between the two groups was similar and there were no overt differences
between the treatments. However, the angle of the C-bend was significantly greater in the THC treated
animals compared with vehicle controls (Figure 2A; p < 0.05; n = 7–13). Analysis of the maximum
speed and acceleration showed no significant differences in these parameters (Figure 2B,C; p > 0.05;
n = 7–13). Further, the time to maximum bend of the trunk was greater in the THC treated animals
(Figure 2D, p < 0.05; n = 7–13), likely because the bend angle was greater.
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Figure 2. Exposure to THC during gastrulation alters escape response parameters. Analysis and
quantification of C-bend parameters was carried out at 2 dpf. Zebrafish embryos exhibit a C-bend in
response to a jet of water directed at the head just behind the eyes. (A) Bar graph shows the maximum
angle of bend for vehicle and THC-treated (6 mg/L) embryos. (B) Shows the instantaneous peak speed
(mm/s) during c-bend. (C) Shows the instantaneous peak acceleration during C-bend. (D) Bar graph
showing the time for the tail to bend to the maximum angle. * Significantly different from vehicle
control, p < 0.05.

3.3. White and Red Muscle Fibers Appear Thinner and Slightly Disorganized in THC Treated Embryos

To determine if the small changes in the C-bend escape response could be accounted for by
properties of the muscle fibers, we performed an immunohistochemical analysis of the trunk muscles
in conjunction with labelling of the nicotinic receptors using fluorescently tagged α- bungarotoxin.
The trunk muscles of embryonic and larval zebrafish embryos are composed of a single layer of outer
red muscles and several layers of inner white muscles [28]. The outer red muscle of vehicle control
animals developed in an orderly fashion with clear and precise boundaries between the trunk segments
(Figure 3). The α-bungarotoxin labelling of nAChRs in untreated animals was neatly aligned at the
segmental boundaries (Figure 3A–C) as described in previous studies [29,30]. However, embryos
treated with THC exhibited thinner individual muscle fibers (Figure 3E) that appeared less tightly
packed, with larger spaces in between the fibers and unclear segmental boundaries. The diameter
of THC treated red muscle fiber was reduced to 5.1 ± 0.2 μm from control values of 6.3 ± 0.3 μm in
vehicle exposed fibers (Figure 3G, p < 0.05; n = 24–34). However, the lengths of the fibers remained
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unchanged (Figure 3H). Moreover, the nAChR expression, that was largely confined to the segmental
boundaries, was somewhat disorganized (Figure 3D–F).

Figure 3. Co-labeling of red muscle fibers and nAChRs using anti-F59 and Alexa 488 conjugated
α-bungarotoxin respectively. (A) α-Bungarotoxin labelled nAChRs associated with red muscle fibers
in vehicle-treated embryos. (B) Anti-F-59 labelled muscle fibers. Red arrows point to the edge of
a muscle fiber. Inset shows muscle fibers at higher magnification to better determine the size of
the fiber. (C) Merged image showing the co-labeled red muscle fiber and nAChR in vehicle-treated
animals. (D) α-bungarotoxin labelled nAChRs associated with red muscle fibers in THC-treated
(6 mg/L) embryos. White arrow shows the cluster of nAChRs. (E) Anti-F59 labelled muscle fibers.
Red arrows point to the edge of a muscle fiber. Inset shows muscle fibers at higher magnification to
better determine the size of the fiber. (F) Merged image showing the co-labeled red muscle fiber and
nAChR in THC-treated animals. (G) Bar graph showing the diameter of red fibers for vehicle and
THC treated embryos and (H) Measurement of red fiber length. *** significantly different from vehicle
control, p < 0.001.

A similar analysis of the white fibers using the F310 antibody combined with α-bungarotoxin
labelling of nAChRs provided a similar result (Figure 4). The white fiber diameter for control embryos
was 7.8 ± 0.3 μm (Figure 4G), whereas it decreased to 4.6 ± 0.3 μm for THC treated embryo muscle
fibers (Figure 4G, p < 0.05; n = 18–22). We did not observe any significant changes in the length of
individual fibers (Figure 4H). The white fibers exhibited periodic regions of disorganization with
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intermittent nAChR expression (Figure 4D–F). Further, the labelling of α-bungarotoxin showed more
condensed nAChR that was also disorganized (Figure 4D).

Figure 4. Co-labeling of white muscle fibers and nAChRs using anti-F310 and Alexa 488 conjugated
α-bungarotoxin respectively. (A) α-Bungarotoxin labelled nAChRs associated with white muscle fibers
in vehicle-treated embryos. White arrow shows clusters of nAChRs. (B) Anti-F-59 labelled muscle
fibers. Red arrows point to the edge of a muscle fiber. Inset shows muscle fibers at higher magnification
to better determine the size of the fiber. (C) Merged image showing the co-labeled white muscle fiber
and nAChR in vehicle-treated animals. (D) α-bungarotoxin labelled nAChRs associated with white
muscle fibers in THC-treated (6 mg/L) embryos. White arrow shows clusters of nAChRs. (E) Anti-F310
labelled muscle fibers. Red arrows point to the edge of a muscle fiber. Inset shows muscle fibers at
higher magnification to better determine the size of the fiber. (F) Merged image showing the co-labeled
white muscle fiber and nAChR in THC-treated animals. (G) Bar graph showing the diameter of white
fibers for vehicle and THC treated embryos and (H) Measurement of white fiber length. *** significantly
different from vehicle control, p < 0.001.

3.4. THC Does Not Alter nAChR Subunit Expression

To determine if the expression of the nAChR subunits was altered following THC exposure,
we performed a semi quantitative analysis of the mRNA for the α1, γ and ε subunits in relation to
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the β subunit. However, we found no significant differences in the relative expression of the nAChR
subunits (Figure 5A–C) suggesting that differences in nAChR subunits expression do not occur as
a result of early THC exposure in our experimental paradigm.

Figure 5. The relative levels of nAChR subunits (α1, γ and ε) mRNAs were analyzed by real-time
qPCR. The relative expression was measured from vehicle control and THC treated embryos using
expression in vehicle control as calibrator. (A) The relative level of α1 nAChR expression from vehicle
and THC treated embryos. (B,C) The relative expression of γ and ε, respectively. Data are expressed as
the mean ± SE for individual groups (n = 5).

3.5. THC Exposure Alters the Locomotion at 5dpf

Lastly, we allowed the animals to develop until they were 5 dpf, at which age they actively swim
to feed. This allowed us to determine if exposure to THC affected their basal level of activity. We found
that all aspects of their movement were altered by THC treatment during gastrulation (Figure 6A–D).
For instance, the mean distance swam changed from 3200 ± 620 mm/hr in the controls (n = 77) to
960 ± 170 mm/h in the THC treated animals (Figure 6A, n = 77; p < 0.001). The mean velocity fell from
0.70 ± 0.08 mm/s (n = 77) to 0.22 ± 0.03 mm/s (n = 79) (Figure 6B, p < 0.001), the mean activity fell
from 0.073% (n = 84) to 0.015% (n = 84) (Figure 6C, p < 0.001) and the movement frequency fell from
635 ± 72 (n = 74) to 247 ± 44 (n = 74) (Figure 6D, p < 0.001). Taken together, these findings suggest that
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cannabinoid treatment during gastrulation affected neuronal morphology to a small degree, as well as
the development of muscle fibers and various aspects of locomotion. These results are consistent with
our previous study and suggest that developing organisms exposed to THC may experience subtle
alterations in development.

Figure 6. THC exposure affects free swimming activity (locomotion) of zebrafish embryos at 5 dpf.
Bar graphs display changes in larval mean distance moved (A), mean velocity (in mm/s for one
hour) (B), mean activity (% rate for one hour) (C), and frequency of swim bouts within one hour (D).
*** significantly different from vehicle control, p < 0.001.

4. Discussion

In the present study we asked whether M-cells exposed to THC at the time of their (cellular)
birth (during gastrulation) experience deficits in axonal projections, or if zebrafish embryos exhibit
changes in escape response properties. Multiple reports provide convincing data to show that the
eCB system, particularly the CB1Rs, play a role in the differentiation of neural progenitor cells [31,32],
the proper development of axonal projections and in neurite outgrowth [3,14–16,33,34]. Our findings
suggest that brief exposure to THC subtly alters some aspects of M-cell morphology such as size and
shape, although their axonal projections appear to be largely intact and project normally. There were
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minor changes in the C-start response to touch such as the angle of the C-bend. Finally, muscle fiber
development was impacted to a small degree and overall activity levels were reduced.

Cannabis has been characterized as the most commonly used illicit drug in pregnant women [35]
to reduce morning sickness. Moreover, in North America, there has been an increase in the cannabis
use among women of reproductive age [36]. THC is the main psychoactive ingredient in cannabis
and an increase in the potency and content of THC has been reported over the last 25 years [37].
Even though cannabis is used by pregnant women to reduce morning sickness there is relatively little
information on the effects of cannabinoids on embryonic organisms during early development. In our
research we focus on exposure to cannabinoids at some of the earliest developmental time points when
the nervous system starts to form from the ectodermal tissue of the gastrula. In zebrafish, this is also the
time when the M-cells first appear, around 8–9 hpf [19]. At this developmental time point, cannabinoid
receptor expression is low, but mRNA coding for both CB1Rs and CB2Rs can be detected as early as the
start of gastrulation [17]. In fact, in chick embryos CB1Rs are present from the earliest stages of neuronal
life and in the developing chick they first appear in the CNS as early as the birth of the first neurons [38].
In embryonic organisms CB1R agonists and antagonists are capable of altering axonal growth [15],
and signaling through the endocannabinoid system has been shown to play chemo-attractive and
chemo-repulsive roles in developing cortex [39,40]. Several reports show an interaction between the
endocannabinoid system and growth factors during early development. For instance, in cerebellar
neurons CB1R activation linked to FGF receptor activity influences neurite outgrowth, while CB1R
interaction with TrKB receptors in cortical interneurons is required for interneuron migration and
specification [39]. Thus, the endocannabinoid system has the ability to control neuronal migration
and differentiation by regulating growth factor activity. The endocannabinoid system has also been
shown to modulate the expression of neurotransmitters in the basal ganglia that are involved in
movement such as GABA and glutamate [7]. Others have shown that morpholino knockdown of
CB1R in zebrafish leads to aberrant axonal growth and fasciculation of reticulospinal neurons in the
hindbrain [3]. Our perturbation of the eCB system via exposure to THC did not yield similar results
to these earlier studies, but we exposed animals to significantly high levels of THC so that the eCB
system could be overstimulated, and we did so for only 5 h around the time of neuronal birth, whereas
morpholino oligonucleotides are often functional for up to 4-5 days.

Blood plasma concentrations of THC can peak as high as 0.25 mg/L during the smoking of a single
cannabis cigarette [41]. In our study, we exposed the embryos to 6 mg/L of THC while they were still
in the egg casing, and it is difficult to ascertain exactly what concentration of THC equilibrates in the
neuronal tissue of the gastrula. Moreover, recent analysis shows that the THC content of cannabis has
increased up to 20-fold over the last 15–20 years [37,42,43]. It has been estimated that approximately
0.1%–10% of toxicants typically cross the chorion [44,45], suggesting that concentrations as low as
0.006–0.6 mg/L may be directly exposed to the embryonic neuronal tissue. Hence, we believe that the
concentrations of THC (6 mg/L) used in this study may be within the physiological range experienced
during cannabis use.

Cannabinoid receptors are largely localized to the plasma membrane, but they have also been
shown to be associated with the endoplasmic reticulum (ER), endosomes, lysosomes, mitochochondria
(mt) [17]. As a general rule CB1Rs are highly localized to the CNS while CB2Rs are mainly found
outside of the CNS in systems such as the immune and digestive systems. At the subcellular level,
mitochondrially expressed CB1Rs are found in axon terminals and dendrites of neurons. CB2Rs
have been reported in neuronal and glial cells in the cortex, hippocampus and substantia nigra of rat
brain [46,47]. In neurons, CB2Rs are present in the cell body and dendrites, and are therefore typically
localized to presynaptic regions [46,47]. CB2Rs are also associated with the rough ER, Golgi apparatus
and dendrites. In zebrafish, CB1R expression, determined by in situ hybridization, is localized to the
pre-optic areas at 24 hpf and the telencephalon, tegmentum, hypothalamus and anterior hindbrain
by 48 hpf [17,48]. In contrast, CB2R mRNA expression in zebrafish brain was relatively weak and
appeared to be limited primarily to the rostral portion of the pituitary [49,50].

31



Biomedicines 2020, 8, 5

In this study, we investigated whether exposure to THC alters locomotion in zebrafish embryos
and larvae. In particular, we set out to examine touch evoked-escape response in 2 dpf animals but also
investigated locomotion in older 5 dpf larvae. While the escape response is driven by reticulospinal
neuronal activity (M-cell, Mid2cm, Mid3cm neurons), swimming is generated by networks of neurons
in spinal cord including excitatory & inhibitory interneurons (Ins), primary and secondary motor
neurons and muscle fibers. Escape response and free swimming can be categorized as fast (>30 Hz) and
slow frequency (<30 Hz) swimming respectively. Fast frequency escape responses involve the relay of
sensory information to M-cells, which in turn excites a CPG network of neurons in the spinal cord
that activates muscle fibers. During fast swimming, more dorsal MNs (both primary and secondary)
become recruited and activated than ventral MNs. White fibers are active during fast swimming
frequency but not in slow swimming. In contrast, only the most ventral MNs are active during slow
swimming. The red fibers are active during slow swimming and become deactivated during faster
swimming frequency. Slow frequency free swimming begins to appear at 3 dpf which last only few
seconds as it consists of occasional swimming episodes. By 4 dpf, embryos exhibit beat and glide
locomotion and by 5 dpf they swim more frequently. Beat-and-glide fashion consists of swim bouts,
periods of rhythmic tail movement, and alternate period of rest.

The immunolabelling of muscle showed that exposure to THC resulted in smaller red and white
fibers that appeared disorganized compared with vehicle controls. Zebrafish red and white trunk
muscles arise from two completely separate precursor cell populations [51,52]. The red fibers are
pioneer cells that migrate to the surface of the trunk where they form a single layer of muscle that
becomes innervated by secondary motor neurons [52]. The white fibers develop from lateral pre-somitic
cells and constitute a separate population of cells that can be identified via distinct morphological and
genetic features [51]. CB2Rs are known to be associated with embryonic stem cells but it is unclear if
cannabinoid receptors are found on muscle precursors. Cannabinoids are highly lipophilic substances
and may actually remain associated with cell membranes long after the exposure time frame has
elapsed. If so, then this might suggest that the effects of cannabinoids may continue long after direct
exposure has ended.

In our previous study [20], we investigated the branching pattern of primary and secondary MNs
involved in the CPG network. In the current study, we wanted to examine whether exposure to THC
altered additional components of the network including M-cells, and then secondarily, if white and red
fiber morphology was altered. Our findings show that THC exposure reduced the diameter of M-cell
axons and resulted in smaller, more loosely packed, and slightly disorganized architecture of red fiber
and white fiber. These findings are consistent with other studies that show that exposure to neurotoxic
substances induces changes in skeletal muscle organization and composition, and disrupts the normal
sarcomeric pattern, alters glycoprotein composition, and damages mitochondria [49]. While some of
our findings appear to be minor, such as the small reduction in M-cell axon diameter, we believe that
the key element to take note of is that a brief exposure to THC during embryological development
may impact organismal growth, form, and function, and therefore, even only minor changes may have
significant physiological consequences.
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Abstract: The anticonvulsive potential of proteins extracted from Orthosiphon stamineus leaves
(OSLP) has never been elucidated in zebrafish (Danio rerio). This study thus aims to elucidate
the anticonvulsive potential of OSLP in pentylenetetrazol (PTZ)-induced seizure model. Physical
changes (seizure score and seizure onset time, behavior, locomotor) and neurotransmitter analysis
were elucidated to assess the pharmacological activity. The protective mechanism of OSLP on brain
was also studied using mass spectrometry-based label-free proteomic quantification (LFQ) and
bioinformatics. OSLP was found to be safe up to 800 μg/kg and pre-treatment with OSLP (800 μg/kg,
i.p., 30 min) decreased the frequency of convulsive activities (lower seizure score and prolonged
seizure onset time), improved locomotor behaviors (reduced erratic swimming movements and
bottom-dwelling habit), and lowered the excitatory neurotransmitter (glutamate). Pre-treatment
with OSLP increased protein Complexin 2 (Cplx 2) expression in the zebrafish brain. Cplx2 is an
important regulator in the trans-SNARE complex which is required during the vesicle priming phase
in the calcium-dependent synaptic vesicle exocytosis. Findings in this study collectively suggests that
OSLP could be regulating the release of neurotransmitters via calcium-dependent synaptic vesicle
exocytosis mediated by the “Synaptic Vesicle Cycle” pathway. OSLP’s anticonvulsive actions could
be acting differently from diazepam (DZP) and with that, it might not produce the similar cognitive
insults such as DZP.

Keywords: Orthosiphon stamineus; plant-derived proteins; epilepsy; seizures; zebrafish

1. Introduction

Epilepsy is a chronic non-communicable disease of the brain that affects around 70 million people
of all ages worldwide and accounts for about 1% of the global burden of disease. Epilepsy has
a high prevalence and an estimated five million people are diagnosed with epilepsy each year.
Epilepsy is characterized by recurrent seizures due to brief disturbances in the electrical functions
of the brain. It involves brief episodes of involuntary movement that lead to changes in sensory
perception, motor control, behavior, autonomic function, or sometimes loss of consciousness [1].
To date, despite having more than 30 antiepileptic drugs (AEDs) on the market [2,3], there are still
difficulties in reaching the goal of treating epilepsy and its associated complications without adverse
effects. Globally, epilepsy remains a public health imperative.
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People with epilepsy often require lifelong treatment. AEDs are the mainstay of treatment.
These conventional drugs bring about clinically worthwhile improvements but have tolerability issues
due to their side effects. Many AEDs used in current mainstream clinical practice have been reported
to elicit undesired neuropsychological consequences such as depression (24% lifetime prevalence),
anxiety (22%), and intellectual disability, particularly in children with epilepsy (30%–40%) [1]. More than
one-third of epileptic seizures are not well controlled by a single AED and often require treatment
with two or more AEDs (add-on therapy) [1,2]. Furthermore, about 40%–60% of epileptic patients,
accounting for both children and adults, develop neuropsychological impairments [3]. This drives
a significant portion of epileptic patients to seek alternative interventions, particularly in herbal
medicine [4]. Current systematic studies are reporting promising anticonvulsive activities in a
constellation of medicinal plants [5,6].

Orthosiphon stamineus (OS) or Orthosiphon aristatus var. aristatus (OAA), also commonly known
as cat’s whiskers or “misai kucing,” is an important medicinal plant. Choo et al. (2018) has shown
that the ethanolic extract of OS, exhibited anticonvulsive activity in zebrafish Choo, Kundap [7] and
Coelho et al. (2015) has demonstrated the anticonvulsant potential of rosmarinic acid in mice, which is
an active chemical constituent in OS extract Coelho, Vieira [8]. Nonetheless, until now the protective
potential of OS primary metabolites has not been studied, let alone its proteins. The proteins extracted
from OS leaves (OSLP) may also hold valuable protective potential for central nervous system (CNS)
disorders such as epilepsy. In the research of epilepsy and drug discovery, zebrafish (Danio rerio)
has been widely recognised as an important and promising vertebrate model. Genetic profile of
zebrafish shares approximately 70% similarity with human and about 84% of genes known to human
diseases are also expressed in zebrafish [9,10]. This makes the zebrafish model particularly useful as a
high-throughput screening system in studying mechanisms of brain functions and dysfunctions [11].
To the best of our knowledge, this is the first study on elucidating the anticonvulsive potential of
proteins extracted from OSLP.

2. Experimental Section

2.1. Materials Chemicals and Apparatuses

L-Glutamic acid (Glu), Gamma-Aminobutyric acid (γ-aminobutyric acid), Pentylenetetrazol (PTZ),
Diazepam (DZP), Benzocaine, complete EDTA-free protease inhibitors, phosphatase inhibitors cocktail 2,
dithiothreitol (DTT), trifluoroethanol (TFE), ammonium bicarbonate (ABC), 2,3,5-triphenyltetrazolium
chloride (TTC), formic acid (FA), and methanol (MeOH) of HPLC-grade were purchased from
Sigma-Aldrich (St. Louis, MO, USA). Pierce®trypsin protease, Pierce® Radioimmunoprecipitation
assay (RIPA) buffer of mass spec grade and Pierce®C18 mini spin columns were purchased from
Thermo Scientific Pierce (Rockford, IL, USA). Protein LoBind microcentrifuge tube (Eppendorf, Enfield,
CT, USA), acetonitrile (ACN), trifluoroacetic acid (TFA), indoleacetic acid (IAA) and CHAPS (Nacailai
Tesque, Kyoto, Japan) of mass spec grade were from Sigma-Aldrich (St. Louis, MO, USA), Quick Start™
Bradford Protein Assay Kit from Bio-Rad (Hercules, CA, USA), Dimethylsulfoxide (DMSO) and 37%
formaldehyde solution were from Friendemann Schmidt Chemical (Parkwood, Western Australia),
Milli-Q ultrapure (MQUP) water from Millipore GmbH (Darmstad, Germany), acetic acid (glacial,
100%) from Merck (Darmstadt, Germany) and Phosphate buffered saline (PBS) tablets from VWR
Life Science AMRESCO® (Radnor, PA, USA). Liquid nitrogen was purchased from Linde Malaysia,
Hamilton syringes 25 μL (MICROLITER™ #702) from Hamilton Co. (Reno, NV, USA), 35 gauge needles
(PrecisionGlide™) were from Becton, Dickinson and Company (Franklin Lakes, NJ, USA), ultrasonic
cell crusher (JY88-II N, Shanghai Xiwen Biotech. Co., Ltd., Shanghai, China), Eyela SpeedVac Vacuum
Concentrator (Thermo Scientific Pierce, Rockford, IL, USA), Camry High-Precision Electronic Pocket
Scale (Model EHA901, Zhaoqing, China) and Classic pH Pen Tester from Yi Hu Fish Farm Trading Pte.
Ltd. (Singapore). The other chemicals of analytical grade were from established suppliers worldwide.
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2.2. Software and Equipment

For the behavioral study, SMART V3.0.05 tracking software (Panlab Harvard Apparatus, Barcelona,
Spain) was used for the automated tracking of zebrafish swimming patterns. The video recorded using
the camcorder was analyzed using the software. The water-filled tank was divided into two halves of
the same size; the upper-half was marked as the top zone and the lower-half as the bottom zone as
described by Kundap et al. 2017 [12].

For the neurotransmitter analysis, the solvent delivery was performed using Agilent Ultra
High-Performance Liquid Chromatography (UHPLC) 1290 Series (Agilent Technologies, Santa Clara,
CA, USA) consisting of Agilent 1290 Series High-Performance Autosampler, Agilent 1290 Series
Binary Pump and Agilent 1290 Series Thermostatted Column Compartment; the separations were
performed using Zorbax Eclipse Plus C18 (Rapid Resolution HD, 2.1 × 150.0 mm with 1.8 μM pore size
reverse-phase column) (Agilent Technologies, Santa Clara, CA, USA), and coupled with Agilent 6410B
Triple Quadrupole (QQQ) mass spectrometer equipped with an electrospray ionization (ESI) (Agilent
Technologies, Santa Clara, CA, USA) to detect the targeted neurotransmitters.

In the protein expression study, Agilent 1200 series HPLC coupled with Agilent 6550 iFunnel

Quadrupole Time of Flight (Q-TOF) LC/MS, C-18 300Ǻ Large Capacity Chip (Agilent Technologies,
Santa Clara, CA, USA) and Agilent MassHunter data acquisition software were used to identify
the differentially expressed proteins (Agilent Technologies, Santa Clara, CA, USA). In addition,
PEAKS®Studio software (Version 8.0, Bioinformatics Solution, Waterloo, ON, Canada) and UniProtKB
(Organism: Danio rerio) database were used for the analysis of mass spectrometry-based label-free
proteomic quantification (LFQ). Cytoscape software (Version 3.7.2 plugin BiNGO for Gene Ontology
(GO) annotated information, Cytoscape Consortium, San Diego, CA, USA), Zebrafish Information
Network (ZFIN) Database Information, KAAS (KEGG Automatic Annotation Server Version 2.1,
Kanehisa Lab., Kyoto, Japan) and KEGG PATHWAY Database (Organism: Danio rerio) were used to study
the functional annotations, protein-protein interactions, and systemic pathway enrichment analysis.

2.3. Zebrafish Maintenance and Housing Conditions

Adult zebrafish (Danio rerio; 3–4 months old) of heterogeneous strain wild-type stock (standard
short-fin phenotype) were housed in the Animal Facility of Monash University Malaysia and maintained
under standard husbandry conditions as follows: standard zebrafish tanks (length of 36 cm ×width
of 22 cm × height of 26 cm) equipped with circulating water systems to provide constant aeration,
controlled water temperature between 26–28 ◦C and controlled water pH between 6.8–7.1. They were
kept in stress-free and hygienic conditions. The zebrafish aquarium was maintained under a 250-lux
light intensity with a cycle of 14-h of light to 10-h of darkness controlled by autotimer (light on at 0800
and light off at 2200). Group housing was practiced (10–12 fish per tank) with the females and males
separated. The adult zebrafish were fed ad libitum three times a day (TetraMin® Tropical Flakes) and
were supplemented with live brine shrimps (Artemia) purchased from Bio-Marine (Aquafauna Inc.,
Hawthorne, CA, USA). The adult zebrafish were allowed to acclimatize for a period of seven days to
reduce stress before commencing the experiments. The Monash University Malaysia Animal Ethics
Committee approved all the animal experimental procedures on 17 January 2019.

2.4. Experimental Design

2.4.1. OSLP Safety Study in Adult Zebrafish

A limit test was first performed based on a modified version of the OECD Guidelines for the
Testing of Chemicals No. 203 [11,12] and the protocols of Choo et al. [10,13]. Prior to the experimental
procedures, all the adult zebrafish were fasted for 24 h. Meanwhile, OSLP powder was completely
dissolved in tank water (26–28 ◦C) and concentrations ranging from 50–1600 μg/kg of zebrafish body
weight were freshly prepared. Three-month-old adult zebrafish with an average weight of 0.45–0.50 g
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were selected. The zebrafish were then divided into 7 groups (Table 1), with 8 fish per group (n = 8)
as follows:

Table 1. Experimental groups in OSLP safety study.

Group Treatment

VC Vehicle control (tank water, i.p.)
Treatment Group a OSLP (50 μg/kg, i.p.)
Treatment Group b OSLP (100 μg/kg, i.p.)
Treatment Group c OSLP (200 μg/kg, i.p.)
Treatment Group d OSLP (400 μg/kg, i.p.)
Treatment Group e OSLP (800 μg/kg, i.p.)
Treatment Group f OSLP (1600 μg/kg, i.p.)

A clean observation tank was first set up and filled with 13 L of tank water (Milli-Q filtered water
used for keeping the zebrafish; 26–28 ◦C). One zebrafish from the vehicle control (VC) group was
then placed in the observation tank and its behavior was recorded for 10 min using a digital camera
(Sony, Japan). After finishing recording, the zebrafish was transferred into a clean individual 1 L tank
filled with the same water. This procedure was then repeated for all the other zebrafish in the VC group.
For the OSLP-treated groups (II–VII), different concentrations of OSLP were injected intraperitoneally
(i.p.) into the zebrafish. Before each IP injection, a zebrafish was individually immersed in anesthesia
solution (30 mg/L of Benzocaine) until the cessation of movement [10,13,14]. Immediately, the zebrafish
was extracted out to determine the body weight and to calculate the injection volume. The injection
volume was calculated at a volume corresponding to 10 microliters per gram of body weight (modified
from 15). After injection, the zebrafish was immediately transferred back to the 13 L observation
tank. Then, the same recording and tank transfer procedure was repeated, as performed in the VC
group. All 56 zebrafish were then kept for 96 h in their respective 1 L tanks. They were checked
on every 15 min for the first two hours of exposure and every half an hour thereafter for the first
day. On subsequent days, the zebrafish were checked on the morning, afternoon, and evening
(3 times per day). Any zebrafish found to exhibit signs of pain, suffering, or anomaly according to
our predefined monitoring sheet at any checkpoint were humanely euthanized via an overdose of
benzocaine. This protocol deviates from the OECD guidelines in that it does not use mortality as
the criterion to determine toxic effects due to the concerns of the MARP-Australia in using death as
an endpoint.

2.4.2. Anticonvulsive Potential of OSLP in Adult Zebrafish

The anticonvulsive potential of OSLP was investigated in the pentylenetetrazol (PTZ)-induced
seizure model. Seizure score and seizure onset time, were one of the primary evaluation parameters
used to examine the anticonvulsive activity. Behavioral changes in the zebrafish were determined by
evaluating their swimming patterns, total distance travelled (cm) and time spent in the tank (upper-half
versus lower-half, s). Three-month-old adult zebrafish with an average weight of 0.45–0.50 g were
selected. Prior to beginning the experiments, the zebrafish were kept in 1 L treatment tanks filled with
1 L of tank water (26–28 ◦C) normally used to fill the zebrafish tanks. In this study, the zebrafish were
divided into 5 groups (n = 10) (Table 2) and procedures of experiment (Figure 1) were as follows:

Table 2. Experimental groups in the evaluation of OSLP anti-convulsive potential.

Group Treatment

VC Vehicle control (tank water, i.p. + tank water)
NC Negative control (tank water + PTZ 170 mg/kg, i.p.)
PC Positive control (DZP 1.25 mg/kg + PTZ 170 mg/kg, i.p.)
TC Treatment control (800 μg/kg + tank water, i.p.)

O+P OSLP-treated PTZ (800 μg/kg + PTZ 170 mg/kg, i.p.)
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Figure 1. Shows the procedures of experiment.

All the groups were habituated in their treatment tanks for a half hour before the administration of
PTZ. Before each i.p. injection, a zebrafish was individually immersed in anesthesia solution (30 mg/L
of Benzocaine) until the cessation of movement. When multiple IP injections were required in tandem
on the same zebrafish, the injections were given at alternating lateral ends, rather than the midline
between the pelvic fins 10, 13, 14. The VC group was injected with tank water twice. The NC group
was first pre-treated with tank water and then PTZ (170 mg/kg) whereas the PC group was pre-treated
with diazepam (1.25 mg/kg) followed by PTZ (170 mg/kg). The TC group was injected with 800 μg/kg
of OSLP and tank water. The O+P group was pre-treated with OSLP (800 μg/kg) followed by PTZ
(170 mg/kg). PTZ-induced seizures lasted for approximately 10 min after the PTZ injection [10,13,14].
All the groups were then transferred to a 13 L observation tank filled three quarters of the way with
water. Behavioral changes of the zebrafish were then recorded individually (10 min) with a digital
camera (Sony, Japan). The PTZ injected zebrafish presented diverse seizure profiles, intensities and
latency in reaching the different seizure scores and seizure onset times. In order to determine the
seizure score and seizure onset time, the individual video was analyzed using a computer as per the
scoring system below (Table 3) [10,13–16]:

Table 3. Seizure scoring system.

Score Criteria

1 short swim mainly at the bottom of tank
2 increased swimming activity and high frequency of opercular movements
3 burst swimming, left and right movements as well as the erratic movements
4 circular movements

At the end of the experiment, all the groups were sacrificed. The zebrafish were euthanized with
30 mg/L of Benzocaine until the cessation of movement. The brains were then carefully harvested for
neurotransmitter analysis, protein expression study and systemic pathway enrichment analysis.

2.5. Extraction of Brains from Zebrafish

At the end of the behavioral studies, the zebrafish brains were carefully harvested from the
zebrafish skulls and kept in a sterile Petri dish. Each brain was then immediately transferred into a
sterile, pre-chilled 2.0 mL microtube and was flash-frozen in liquid nitrogen (LN2) before storing them
at −152 ◦C until further analysis.
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2.6. Brain Neurotransmitter Analysis Using Nanoflow Liquid Chromatography Coupled with Tandem Mass
Spectrometry (Nanoflow-ESI-LC-MS/MS)

The levels of neurotransmitters in the brains, namely gamma-aminobutyric acid (GABA) and
glutamate (Glu) were estimated using LC-MS/MS with modifications [13,14,17]. All experiments were
performed in 3 independent biological replicates.

A mother stock of neurotransmitter standards was prepared by mixing GABA and Glu in methanol,
MQUP water and 0.1% formic acid, to make up a final concentration of 1 mg/mL. Next, serial dilution
was performed to prepare 8 points of standard calibrations ranging from 6.25–1000 ng/mL. A blank
(methanol, MQUP water in 0.1% formic acid) with a final concentration of 1 mg/mL was also prepared.
Together with the 8 points of standard calibrations, they were used for quantifying the levels of GABA
and Glu in LC-MS/MS study.

Firstly, each LN2 flash-frozen zebrafish brain was homogenized in 1 mL ice-cold methanol/MQUP
water (3:1, vol/vol) using an ultrasonic cell crusher (JY88-II N, Shanghai Xiwen Biotech. Co., Ltd.,
Shanghai, China). The homogenate was then vortex-mixed (2500 rpm, 3 m) and later incubated on
an agitating shaker (4 ◦C, 1 h). The homogenate was then centrifuged (4 ◦C, 10,000× g, 10 min) and
the supernatant was carefully transferred into a sterile 2.0 mL microtube. 100 μL of 0.1% formic acid
was slowly added, vortex-mixed (2500 rpm, 3 m) and then centrifuged (4 ◦C, 10,000× g, 10 min).
The supernatant was carefully transferred into a sterile insert and vial. Finally, all the brain samples
were subjected to LC-MS/MS analysis.

LC-MS/MS was run on an Agilent 1290 Infinity UHPLC coupled with an Agilent 6410B Triple Quad
MS/MS equipped with an electrospray ionization (ESI). The separations were performed using Zorbax
Eclipse Plus C18 (Rapid Resolution HD, 2.1 × 150.0 mm with 1.8 uM pore size reverse-phase column).
The flow rate was 0.3 mL/min with the mobile phase consisting of 0.1% formic acid in water (Solvent
A) and acetonitrile (Solvent B). The gradient elution used was: (i) 0 min, 5% Solvent B; (ii) 0–3 min,
50% Solvent B and (iii) 3–5 min, 100% Solvent B, with one-minute post time. The injection volume was
1.0 μL per sample with the column compartment temperature and the autosampler temperature set at
25 ◦C and 4 ◦C respectively. The total run time for each injection was 5 min. ESI-MS/MS was used
in positive ionization mode with a nitrogen gas temperature of 325 ◦C, gas flow 9 L/min, nebulizer
pressure of 45 psi and the capillary voltage of 4000 V. The MS acquisition was scanned in multiple
reaction monitoring (MRM) mode. A calibration range of 1.56–200 ng/mL was used for quantifying the
targeted neurotransmitters, with a linear plot where r2 > 0.99.

2.7. Protein Expression Profiling Using Mass Spectrometry-Based Label-Free Proteomic Quantification (LFQ)

Brains of these two groups, namely NC (injected with PTZ 170 mg/kg) and O+P (pre-treated with
OSLP 800 μg/kg followed by PTZ 170 mg/kg) were subjected to tissue lysis to extract the proteins for
mass spectrometry-based label-free proteomic quantification (LFQ). All experiments were performed
in 4 independent biological replicates.

2.7.1. Protein Extraction from Zebrafish Brain

The zebrafish brain was lysed with 1 mL of ice-cold lysis buffer (RIPA, protease inhibitor 20%
v/v, phosphatase inhibitor 1% v/v) in a sterile ProtLoBind microtube and then incubated on an orbital
shaker (4 ◦C; 90 min). Next, the content was homogenized using an ultrasonic cell crusher, briefly
centrifuged (18,000 × g, 4 ◦C; 10 min) and the supernatant produced was harvested. The supernatant
extracted was collected into a new sterile ProtLoBind microtube. Protein concentration was estimated
using the Quick Start™ Bradford Protein Assay as instructed by the manufacturer (Bio-Rad, Hercules,
CA, USA). After that, the brain lysates were concentrated in a speed-vacuum concentrator (300 rpm;
24 h; 60 ◦C).
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2.7.2. In-Solution Digestion of Proteins

In-solution protein digestion was carried out according to the instructions (Agilent Technologies,
Santa Clara, CA, USA). Briefly, protein samples were re-suspended, denatured and reduced in 25 μL of
ABC, 25 μL of TFE and 1 μL of DTT, followed by being vortex-mixed (2500 rpm, 3 m) and then heated
in an oven (60 ◦C, 60 min). Next, the samples were alkylated in 4 μL of IAA and were incubated in the
dark (60 min, r.t.). After that, 1 μL of DTT was again added to quench excessive IAA (60 min, r.t., in the
dark). 300 μL of MQUP water and 100 μL of ABC were added to dilute and adjust the pH of the protein
solutions (pH 7–9). Following that, 1 μL of trypsin was added and was then incubated in an oven
(37 ◦C, 18 h, in the dark). Upon completion of incubation, 1 μL of formic acid was added to terminate
the tryptic digestion. Finally, all the samples were concentrated in a speed-vacuum concentrator
(300 rpm; 24 h; 60 ◦C, Eyela SpeedVac Vacuum Concentrator). The dry pellets were kept at −20 ◦C.

2.7.3. De-Salting of Proteins

De-salting of the protein sample was carried out. Each biological replicate was de-salted
independently using a Pierce®C18 mini spin column as instructed (Thermo Scientific Pierce, Rockford,
IL, USA), with modifications. Firstly, each mini spin column was activated in 50% ACN (repeated
3 times, r.t.) and equilibrated in 0.5% of TFA in 5% ACN (repeated 3 times, r.t.). Separately, 90 μL
of crude protein was added into 30 μL of sample buffer (2% of TFA in 20%) and briefly vortexed at
2200 rpm to mix well. This step was repeated for all the protein samples. Following that, each of
the protein samples was loaded onto a mini spin column and was de-salted (repeated 3 times, r.t.).
Subsequently, all the protein samples were washed in 0.5% of TFA in 5% ACN (repeated 3 times, r.t.).
Lastly, all the protein samples were eluted in 70% ACN (repeated 3 times, r.t.) and all the flow-through
produced was collected, vacuum-concentrated (300 rpm; 24 h; 60 ◦C) and stored at −20 ◦C prior to
mass spectrometry-based LFQ.

2.7.4. Mass Spectrometry-Based Label-Free Proteomic Quantification (LFQ) Using Nanoflow-ESI-LCMS/MS

De-salted peptides were loaded onto an Agilent C-18 300Ǻ Large Capacity Chip. The column was
equilibrated by 0.1% formic acid in water (Solution A) and peptides were eluted with an increasing
gradient of 90% acetonitrile in 0.1% formic acid (Solution B) by the following gradient, 3%–50% Solution
B from 0–30 min, 50%–95% Solution B from 30–32 min, 95% Solution B from 32–39 min and 95%–3%
Solution B from 39–47 min. The polarity of Q-TOF was set at positive, capillary voltage at 2050 V,
fragmentor voltage at 300 V, drying gas flow 5 L/min and gas temperature of 300 ◦C. The intact protein
was analyzed in auto MS/MS mode from range 110–3000 m/z for MS scan and 50–3000 m/z range for
MS/MS scan. The spectrum was analyzed using Agilent MassHunter data acquisition software.

2.7.5. Brain Protein and Peptide Identification by Automated de Novo Sequencing and LFQ Analysis

Protein identification by automated de novo sequencing was performed with PEAKS®Studio
Version 8.0. UniProtKB (Organism: Danio rerio) database (http://www.uniprot.org/proteomes/
UP000000437, 46,847 proteins, accessed on 14 February 2020) was used for protein identification
and homology search by comparing the de novo sequence tag, with the following settings: both parent
mass and precursor mass tolerance was set at 0.1 Da, carbamidomethylation was set as fixed modification
with maximum missed cleavage was set at 3, maximum variable post-translational modification was
set at 3, trypsin cleavage, the minimum ratio count set to 2, mass error tolerance set as 20.0 ppm and
other parameters were set as default by Agilent. False discovery rate (FDR) threshold of 1% and protein
score of −10lgP > 20 were applied to filter out inaccurate proteins. PEAKS® indicated that a −10lgP
score of greater than 20 is of relatively high in confidence as it targets very few decoy matches above
the threshold.

For LFQ analysis, the differentially expressed proteins between the NC (injected with PTZ
170 mg/kg) and O+P (pre-treated with OSLP 800 μg/kg followed by PTZ 170 mg/kg) groups were
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identified with the following settings: FDR threshold ≤ 1%, fold change ≥ 1, unique peptide ≥ 1,
and significance score ≥ 20. PEAKSQ indicated that a significance score of greater than 20 is equivalent
to significance p value < 0.01. Other parameters were set as default by Agilent.

2.8. Bioinformatics Analysis

Bioinformatics analysis (functional annotations, protein-protein interactions and systemic pathway
enrichment analysis) of the differentially expressed proteins were analyzed and matched with the
databases obtained from GO Consortium, ZFIN (www.zfin.org) and the KEGG PATHWAY Database
(Danio rerio) [13]. KAAS provides functional annotation of genes by BLAST or GHOST comparisons
against the manually curated KEGG GENES database. The result contains KO (KEGG Orthology)
assignments (bi-directional best hit) and automatically generated KEGG pathways. The KEGG pathway
maps organism-specific pathways: green boxes are hyperlinked to GENES entries by converting K
numbers (KO identifiers) to gene identifiers in the reference pathway, indicating the presence of genes
in the genome and also the completeness of the pathway.

2.9. Statistical Analysis

For behavioral study and neurotransmitter estimation, statistical analysis was performed using
GraphPad Prism version 8.0. All data were expressed as mean ± standard error of the mean (SEM).
One-way analysis of variance (ANOVA) followed with Dunnett’s post-hoc test at significance levels of *
p < 0.05, ** p < 0.01 and *** p < 0.001 against the negative control group (NC, 170 mg/kg PTZ). PEAKSQ
statistical analysis (built-in statistical tool of PEAKS® software) was used in the analysis of differentially
expressed proteins identified by LFQ. A significance score of 20% (equivalent to significance level of
0.01) and FDR ≤ 1% was considered statistically significant. In bioinformatics analysis, hypergeometric
test followed with Benjamini and Hochberg FDR correction at p value < 0.05 (BiNGO built-in statistical
tool) was used to correlate the association between functional annotation of genes and interacting
proteins; the built-in statistical tool of KAAS was used to assess the possible association of interacting
proteins and systemic pathways in the KEGG PATHWAY Database.

3. Results

3.1. OSLP Safety Study in Adult Zebrafish

3.1.1. Behavioral Study

Swim Path Analysis

As seen in the swim paths generated by PANLAB SMART v3.0 software, the VC group (Figure 2a)
swam throughout the whole tank without showing apparent preference for any part of the tank.
The OSLP-treated groups, 50, 100, 200, and 400 μg respectively, showed slight preferences for the
bottom half of tank when compared to the VC group (Figure 2b–e). In comparison, the OSLP 800 μg
group (Figure 2f) showed a similar swimming pattern to the VC group as they swam throughout the
whole tank with no apparent preference for any part of the tank. The 1600 μg/kg dose was excluded
for causing mortality after an extended duration.

3.1.2. Locomotion Parameters

For the mean total distance travelled, no significant differences (F = 1.798, p > 0.05) were found
between the untreated VC group and all the OSLP-treated groups (50–800 μg/kg) (Figure 3a).

For another locomotion parameter, time spent in upper half of tank (s), no significant differences
(F = 1.408, p > 0.05) were found between the untreated VC group and all the OSLP-treated groups
Figure 3b, c). In a similar trend, no significant differences were also found in the mean time spent in
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lower half of tank, except in the OSLP 800 μg group. The zebrafish treated with OSLP 800 μg/kg spent
a shorter time in the lower half of tank, 328 ± 54 s (F = 6.596, ** p < 0.01) than the VC group.

Figure 2. Representative swim paths for the corresponding 6 experimental groups (n = 8). (a) VC
(tank water only, i.p.), (b) OSLP (50 μg/kg, i.p.), (c) OSLP (100 μg/kg, i.p.), (d) OSLP (200 μg/kg, i.p.),
(e) OSLP (400 μg/kg, i.p.) and (f) OSLP (800 μg/kg, i.p.).

Figure 3. Mean locomotion parameters over 600 s for all the experimental groups. Figure (a) represents
the mean total distance travelled (cm), Figure (b) shows the mean time spent in upper zone (s) and
Figure (c) displays the mean time spent in lower zone (s). The data are expressed as Mean ± SEM, n = 8
and was analyzed using One-way ANOVA followed with Dunnett’s post-hoc test at significance level
of ** p < 0.01 against the VC group (tank water only, i.p.).

Based on the swim path analysis (Figure 2) and locomotion parameters (Figure 3), OSLP ranging
from 50 to 800 μg did not result in any abnormal behavioral changes in the adult zebrafish. These doses
were found to be safe for the use in adult zebrafish and did not result in any mortality or morbidity.
Considering the maximum protective effects OSLP could possibly exhibit in brain at a safe concentration,
800 μg was fixed as the maximum safe starting dose. Subsequently, OSLP at 800 μg was used as
the treatment dose across all further studies in this work. On the other hand, mortality in the adult
zebrafish was recorded when treated with 1600 μg of OSLP. Therefore, this dose was considered as
unsafe and the findings were not included in this work.
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3.2. Evaluation of Anticonvulsive Potential of OSLP

3.2.1. Behavioral Study

Swim Path Analysis

The VC group (Figure 4a) managed to swim throughout the entire tank without showing apparent
preference for any part of the tank. In contrast, the NC group showed a more erratic swimming
pattern after the PTZ challenge, with the zebrafish dwelling at the bottom half of tank more frequently
(Figure 4b). Pre-treatment with DZP (PC group) modified the post PTZ challenge swimming behavior
into a swimming pattern comparable to the VC group, with roughly equal amount of time being spent
at the top and bottom of the tank (Figure 4c). Pre-treatment with OSLP 800 μg (O+P) also produced a
swimming pattern similar to that of the VC group, without showing apparent preference for any part
of the tank (Figure 4d). The treatment control group (TC) managed to swim throughout the whole tank
without showing erratic swimming pattern (Figure 4e).

Figure 4. Representative swimming patterns for the corresponding 5 experimental groups (n = 10).
VC ((a) tank water, i.p.), NC ((b) PTZ 170 mg/kg, i.p.), PC ((c) DZP 1.25 mg/kg + PTZ 170 mg/kg, i.p.),
O+P ((d) OSLP 800 μg/kg + PTZ 170 mg/kg, i.p.) and TC ((e) OSLP 800 μg/kg + tank water, i.p.).

3.2.2. Seizure Score and Seizure Onset Time

The cutoff time for seizure scoring was 600 s as fish fully recovered from seizures by 600 s. Mean
seizure onset time for both the VC group and TC group were set as 600 s and a maximum seizure score
of zero was assigned to these groups. They did not receive any PTZ challenges and thus did not show
seizures. They served only as the study controls. PTZ injection into the zebrafish resulted in diverse
seizure profiles, intensities, and latency in reaching the different seizure scores and onset time.

The NC group injected with PTZ had a significant increase in seizure score to 2.8 (F = 34.35
*** p < 0.001) and had significantly prompted the seizure onset time to the lowest, 76 s (F = 49.50,
*** p < 0.001), when compared to the VC group. Higher seizure score with a concurrent lower seizure
onset time indicated more severe seizures in the PTZ-injected zebrafish. Treatment with 800 μg/kg of
OSLP showed a significant decrease in seizure score, to 1.5 (F = 34.35, *** p < 0.001) and significantly
delayed the seizure onset time to 349 s (F = 49.50, *** p < 0.001) compared to the NC group. As expected,
the PC group treated with DZP also showed a significant decrease in seizure score, to < 1 (F = 34.35,
*** p < 0.001) and had significantly delayed the seizure onset time to 564 s (F = 49.50, *** p < 0.001)
compared to the NC group.

In this study, PTZ (170 mg/kg of b.w.) was shown to sufficiently induce seizures in the adult
zebrafish, with a high seizure score and a fast seizure onset time. OSLP treatment (800 μg/kg of b.w.)
was shown to reduce seizure severity, with a lower seizure score and delayed the onset time to the
most serious seizure score 4 (Figure 5).
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Figure 5. Mean seizure scores and mean seizure onset time (s) for the corresponding 5 experimental
groups. Data are mean ± SEM. Experiments were repeated in n = 10, *** showed p < 0.001 against
negative control. One-way ANOVA with Dunnett’s post-hoc test. VC (tank water, i.p.), NC (PTZ
170 mg/kg, i.p.), PC (DZP 1.25 mg/kg + PTZ 170 mg/kg, i.p.), O+P (OSLP 800 μg/kg + PTZ 170 mg/kg,
i.p.) and TC (OSLP 800 μg/kg + tank water, i.p.).

3.2.3. Locomotion Parameters

Mean total distance travelled of the VC group was 68±16 cm (F = 4.527, ** p < 0.01) and was
significantly shorter than the NC group injected with PTZ (172 ± 34 cm, F = 4.527, **p < 0.01). The NC
group travelled about a 60% longer distance than the VC group (Figure 6a). The PC group treated with
DZP had mean total distance travelled of 74 ± 16 cm which was 57% shorter than the PTZ-injected
group (F = 4.527, ** p < 0.01) (Figure 6a). This significant improvement was also comparable to the VC
group (68 ± 16 cm). A reduction was also seen in the O+P group, with mean total distance travelled of
137 ± 22 cm, which was about 20% shorter than the PTZ-induced alone group (Figure 6A).

Figure 6. Mean locomotion parameters over 600 s for all the experimental groups. Figure (a) represents
the mean total distance travelled (cm), Figure (b) shows the mean time spent in upper zone (s) and
Figure (c) displays the mean time spent in lower zone (s). The data are expressed as Mean ± SEM,
n = 10 and was analyzed using One-way ANOVA followed with Dunnett’s post-hoc test at significance
level of * p < 0.05 and ** p < 0.01 against the negative control group (NC, PTZ 170 mg/kg). VC (tank
water, i.p.), PC (DZP 1.25 mg/kg + PTZ 170 mg/kg, i.p.), O+P (OSLP 800 μg/kg + PTZ 170 mg/kg, i.p.)
and TC (OSLP 800 μg/kg + tank water, i.p.).

47



Biomedicines 2020, 8, 191

For the parameter of time spent in each half of the tank, only groups VC and PC showed a
significant longer time spent in the upper half of tank (324 ± 80 s and 352 ± 54 s respectively, F = 2.716,
* p < 0.05) and a visibly shorter time spent in the bottom of tank than the NC group (Figure 6b,c).
The O+P group (Figure 6b) had a trend of spending a slightly longer time in the upper half of tank
(259 ± 78 s) but a slightly shorter time in the bottom half (149 ± 15 s) compared to the NC group
(Figure 6c).

It is also worthy to mention that the TC group had displayed a similar trend to the VC group in all
three locomotion parameters (Figure 6a–c). OSLP at a dose of 800 μg/kg did not trigger any locomotor
manipulations and hence, was considerably safe in the adult zebrafish (Figure 6a–c).

3.2.4. Neurotransmitter Study

Neurotransmitters in the zebrafish brains, namely GABA and glutamate (Glu) and their ratio
(GABA/Glu) were evaluated (Figure 7a–c).

Figure 7. Mean neurotransmitter levels (ng/mL), namely GABA (a), glutamate (b) and GABA/Glu ratio
(c) over 600 s for all the experimental groups. The data are expressed as Mean ± SEM, n = 10 and
was analyzed using One-way ANOVA followed with Dunnett’s post-hoc test at significance level of
* p < 0.05, ** p < 0.01 and *** p < 0.001 against the negative control group (NC, PTZ 170 mg/kg). VC (tank
water, i.p.), PC (DZP 1.25 mg/kg + PTZ 170 mg/kg, i.p.), O+P (OSLP 800 μg/kg + PTZ 170 mg/kg, i.p.)
and TC (OSLP 800 μg/kg + tank water, i.p.).

The NC group showed a significant decrease in mean GABA levels (182 ± 26 ng/mL, *** p < 0.001)
when compared to the VC group (276 ± 10 ng/mL, F = 37.74, *** p < 0.001) (Figure 7a). Mean GABA
levels of the O+P group was 196 ± 9 ng/mL. Despite attaining about 7% higher GABA levels than the
NC group, this treatment however did not attain statistical significance (Figure 7a). DZP treatment also
brought about a slight increase in the GABA levels, to 202 ± 14 ng/mL as compared to 182 ± 26 ng/mL
in the NC group (p > 0.05) (Figure 7a). Similarly, both PC (202 ± 14 ng/mL) and O+P (196 ± 9 ng/mL)
had showed just slightly higher GABA levels than the NC group (Figure 7a).

In contrast, NC group showed a significant increase in Glu level (290 ± 30 ng/mL, F = 4.779,
** p < 0.01) when compared to the VC and TC groups (153 ± 46 ng/mL and 136 ± 2 ng/mL respectively,
F = 4.779, ** p < 0.01) (Figure 7b). Meanwhile, DZP treatment brought about a significant decrease
to 172 ± 16 ng/mL in the Glu levels, or about 41% lower than the NC group (F = 4.779, * p < 0.05)
(Figure 7b). Mean Glu levels of the O+P group was 169 ± 22 ng/mL, which was 42% significantly
lower than the NC group (F = 4.779, * p < 0.05) (Figure 7b). This outcome thus suggests that OSLP
treatment could be effectively lower the Glu concentrations, normalizing it to the level comparable to
those treated with DZP.
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In addition, PTZ injection caused a significant decrease in the GABA/Glu ratio to <1, whereas,
both VC and TC groups had a higher GABA/Glu ratio (R > 2, F = 13.81, ** p < 0.01 and *** p < 0.001,
respectively) (Figure 7c). Very noteworthy is that the OSLP-treated and DZP-treated groups had a
similar GABA/Glu ratio, though they did not attain statistical significance when compared to the NC
(Figure 7c). It is worth mentioning that the TC group (treatment dose control) had higher GABA levels
(401 ± 3 ng/mL, F = 37.74, *** p < 0.001) (Figure 7a) and lower Glu levels (136 ± 2 ng/mL, F = 4.779,
*** p < 0.001) (Figure 7b) than the VC group. Also, the GABA/Glu ratio was comparable to the VC group.

3.2.5. Proteins Expression Profiling Using Mass Spectrometry-Based Label-Free Proteomic
Quantification (LFQ)

LFQ profiled 29 differentially expressed proteins from the brain samples of PTZ injected zebrafish
(NC group) and the OSLP-treated PTZ group (O+P). These proteins were found to be expressed at
lower levels in the NC group than in the O+P group (Figure 8 and Table 4). Among them, five proteins,
namely hemoglobin subunit alpha (Hbaa1, isoforms Q803Z5 and Q90487), hemoglobin subunit beta-1
(Hbba1, Q90486), fructose-bisphosphate aldolase C-B (Aldocb, Q8JH70), actin beta 2 (Actb2, A8WG05),
and complexin 2 (Cplx2, E7FBR8) were found expressed at higher levels.

Figure 8. Heat map shows the differentially expressed proteins identified from negative control (NC,
PTZ 170 mg/kg only) and O+P (OSLP 800 μg/kg + PTZ 170 mg/kg) zebrafish brains, n = 4, significance
≥ 20, FDR ≤ 1%, fold change ≥ 1, unique peptide ≥ 1. Protein names are listed on the left while
experimental groups are indicated on top. The color key on the bottom right indicates the log2 (ratio)
expression levels (green = low and red = high).

3.2.6. Bioinformatics Analysis

The differentially expressed proteins (Table 4) were searched in the ZFIN Database Information to
match the gene ID. The database of InterPro Classification of Protein Families was searched for the
respective protein class. The results were presented in Table 5.
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In addition, the differentially expressed proteins were found to localize at 14 different
cellular components; mainly at the organelle part (GO:44422) and the macromolecular complex
(GO:32991). They were localized at the intracellular non-membrane-bounded organelle (GO:43232),
intracellular organelle part (GO:44446), cytoskeletal part (GO:44430), microtubule cytoskeleton
(GO:15630), microtubule (GO:5874), protein complex (GO:43234), phosphopyruvate hydratase
complex (GO:15), hemoglobin complex (GO:5833), cytosol (GO:5829), cytosolic part (GO:44445),
and non-membrane-bounded organelle (GO:43228). The identified proteins were also localized at the
nucleus of the cell part (GO:5634) (Figure 9).

Figure 9. BiNGO result for cellular component as visualized in Cytoscape (Organism: Danio rerio).
Colored nodes are significantly overrepresented. White nodes are not significantly overrepresented;
they are included to show the colored nodes in the context of the GO hierarchy. Color key on the
bottom right indicates the significance level of overrepresentation.

The proteins that were found localized at the different cellular components aforementioned
have their interactions significantly associated with 14 corresponding molecular functions (Figure 10).
Around 12 were involved in catalytic activities of lyase (GO:16829), carbon-oxygen lyase (GO:16835),
hydro-lyase (GO:16836), phosphopyruvate hydratase (GO:4634), aconitate hydratase (GO:3994),
fructose-bisphosphate aldolase (GO:4332), and aldehyde-lyase (GO:16832); triose-phosphate isomerase
(GO:4807), and intramolecular oxidoreductase which interconverts aldoses and ketoses (GO:16861);
creatine kinase (GO:4111) and phosphotransferase uses nitrogenous group as acceptor (GO:16775),
and GTPase activity (GO:3924). Two protein interactions were particularly noteworthy: the bindings
of SNARE (GO:149) and syntaxin (GO:19905) (blue box; Figure 10).

3.2.7. Systematic Pathway Enrichment Analysis

KEGG PATHWAY database (Organism: Danio rerio) revealed that the differentially expressed
proteins were significantly associated with six major categories of pathways; five of them were
associated with metabolism, genetic information processing, environmental information processing,
cellular processes, and organismal systems whilst the last one was associated with human diseases
(see Table 6).
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Figure 10. BiNGO result for molecular function as visualized in Cytoscape (Organism: Danio rerio).
Colored nodes are significantly overrepresented. White nodes are not significantly overrepresented;
they are included to show the colored nodes in the context of the GO hierarchy. Color key on the
bottom right indicates the significance level of overrepresentation.

Table 6. KEGG pathways (Organism: Danio rerio) associated with the differentially expressed proteins
identified from negative control (NC, PTZ 170 mg/kg only) and O+P (OSLP 800 μg/kg + PTZ 170
mg/kg) zebrafish brains.

KEGG Pathway ID Pathway Category Mapped Protein

Metabolism

01100 Metabolic pathways
Ckbb, Aldocb, Aco2, Eno1a, Eno2, Tpi1b, Atp5fa1,

Atp5f1b, Cox4i1
01110 Biosynthesis of secondary metabolites Aldocb, Aco2, Eno1a, Eno2, Tpi1b
01120 Microbial metabolism in diverse environments Aldocb, Aco2, Eno1a, Eno2, Tpi1b
01200 Carbon metabolism Aldocb, Aco2, Eno1a, Eno2, Tpi1b
01210 2-Oxocarboxylic acid metabolism Aco2
01230 Biosynthesis of amino acids Aldocb, Aco2, Eno1a, Eno2, Tpi1b

Carbohydrate metabolism
00010 Glycolysis/Gluconeogenesis Aldocb, Eno1a, Eno2, Tpi1b
00020 Citrate cycle (TCA cycle) Aco2
00030 Pentose phosphate pathway Aldocb
00051 Fructose and mannose metabolism Aldocb, Tpi1b
00630 Glyoxylate and dicarboxylate metabolism Aco2
00562 Inositol phosphate metabolism Tpi1b

Energy metabolism
00190 Oxidative phosphorylation Atp5fa1, Atp5f1b, Cox4i1
00710 Carbon fixation in photosynthetic organisms Aldocb, Tpi1b
00720 Carbon fixation pathways in prokaryotes Aco2
00680 Methane metabolism Aldocb, Eno1a, Eno2, Ppiab

Amino acid metabolism
00330 Arginine and proline metabolism Ckbb
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Table 6. Cont.

KEGG Pathway ID Pathway Category Mapped Protein

Genetic Information Processing
Folding, sorting and degradation

03018 RNA degradation Eno1a, Eno2
Environmental Information Processing

Signal transduction
04015 Rap1 signaling pathway Actb2
04390 Hippo signaling pathway Actb2
04391 Hippo signaling pathway - fly Actb2
04066 HIF-1 signaling pathway Aldocb, Eno1a, Eno2

Cellular Processes
Transport and catabolism

04145 Phagosome Actb2, Tubb5, Zgc:65894
Cell growth and death

04210 Apoptosis Actb2
04217 Necroptosis Ppiab, H2ax

Cellular community-eukaryotes
04510 Focal adhesion Actb2
04520 Adherens junction Actb2
04530 Tight junction Actb2
04540 Gap junction Tubb5, Zgc:65894

Cell motility
04810 Regulation of actin cytoskeleton Actb2, Cfl1

Organismal Systems
Immune system

04640 Hematopoietic cell lineage Cd59
04610 Complement and coagulation cascades Cd59
04611 Platelet activation Actb2
04666 Fc gamma R-mediated phagocytosis Cfl1
04670 Leukocyte transendothelial migration Actb2

Endocrine system
04921 Oxytocin signaling pathway Actb2
04919 Thyroid hormone signaling pathway Actb2

Circulatory system
04260 Cardiac muscle contraction Cox4i1

Digestive system
04971 Gastric acid secretion Actb2

Nervous system
04721 Synaptic vesicle cycle Cplx2

Sensory system
04745 Phototransduction - fly Actb2

Development and regeneration
04360 Axon guidance Cfl1, Dpysl2b

Environmental adaptation
04714 Thermogenesis Atp5fa1, Atp5f1b, Cox4i1, Actb2

Human Diseases
Cancer: overview

05205 Proteoglycans in cancer Actb2
05203 Viral carcinogenesis Si:ch211-113a14.11, Hist1h4l

Cancer: specific types
05225 Hepatocellular carcinoma Actb2

Immune disease
05322 Systemic lupus erythematosus H2ax, Si:ch211-113a14.11, Hist1h4l

Neurodegenerative disease
05010 Alzheimer disease Atp5fa1, Atp5f1b, Cox4i1, Tubb5
05012 Parkinson disease Atp5fa1, Atp5f1b, Cox4i1
05016 Huntington disease Atp5fa1, Atp5f1b, Cox4i1, Tubb5

Substance dependence
05034 Alcoholism H2ax, Si:ch211-113a14.11, Hist1h4l

Cardiovascular disease
05418 Fluid shear stress and atherosclerosis Actb2
05410 Hypertrophic cardiomyopathy (HCM) Actb2

05412 Arrhythmogenic right ventricular
cardiomyopathy (ARVC) Actb2

05414 Dilated cardiomyopathy (DCM) Actb2
05416 Viral myocarditis Actb2

Endocrine and metabolic disease
04932 Non-alcoholic fatty liver disease (NAFLD) Cox4i1
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Table 6. Cont.

KEGG Pathway ID Pathway Category Mapped Protein

Infectious disease: bacterial
05110 Vibrio cholerae infection Actb2
05130 Pathogenic Escherichia coli infection Actb2, Tubb5, Zgc:65894
05132 Salmonella infection Actb2
05131 Shigellosis Actb2
05135 Yersinia infection Actb2
05133 Pertussis Cfl1
05100 Bacterial invasion of epithelial cells Actb2, Cfl1

Infectious disease: viral
05164 Influenza A Actb2

Drug resistance: antimicrobial
01503 Cationic antimicrobial peptide (CAMP) resistance Ppiab

The synaptic vesicle cycle (04721) in the nervous system that is nested under the organismal
systems category, was the pathway most likely to play a significant role (Table 6). Complexin 2
(Cplx2) was mapped onto the synaptic vesicle cycle pathway (04721), highlighted in a green box
as Complexin (Figure 11). Cplx2 is an isoform of the complexin protein family with four isoforms,
Cplx1–4. As shown in a synapse, during priming phase, Cplx2 is bound to the trans-SNARE
complex together with synaptotagmin (Syt), vesicle-associated membrane protein (Vamp), syntaxin
(Stx), and synaptosomal-associated protein of 25 kDa (Snap25). SNARE binding of complexin is
essential for normal priming at the presynaptic plasma membrane, which is known as the active zone,
and subsequent Ca2+-evoked neurotransmitter release.

Figure 11. Complexin 2 in green box was mapped onto the synaptic vesicle cycle pathway (04721)
generated by KEGG PATHWAY (Organism: Danio rerio). Solid arrows represent molecular interactions
or relations whereas dashed arrows represent indirect links or unknown reactions.

4. Discussion

This study investigates the maximum safe starting dose of OSLP and elucidates its anticonvulsive
potential in PTZ-induced adult zebrafish seizures.

Firstly, the maximum safe starting dose of OSLP to be used for anticonvulsive activity determination
in the adult zebrafish [14,18] was evaluated. In this study, OSLP concentrations ranging from
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50–1600 μg/kg of b.w. were tested in each assigned group. The zebrafish swimming pattern after
exposure to 800 μg of OSLP did not show bottom-dwelling behavior. Diving to the bottom of tank
can be a natural reflexive response of zebrafish. However, increased bottom-dwelling behavior has
been linked to anxiety in the novel tank test [15,16]. The bottom dwelling frequency has been found
reduced in zebrafish when treated with anxiolytic compounds [7,17]. These earlier findings thus lend
support to the anxiolytic potential of OSLP in adult zebrafish, at least at a concentration greater than
800 μg/kg of body weight. Noteworthy however, OSLP at a concentration of 1600 μg is capable of
causing lethal events in adult zebrafish. This finding has drawn a line to limit the maximum safe dose
of OSLP achievable via intraperitoneal route to be not greater than 1600 μg/kg of body weight, at least
in the case of zebrafish. This also lends support to the exclusion of 1600 μg OSLP for further analysis
in this work. Building on the safety study outcomes and considering the maximum protective effects
of OSLP at a safe concentration, 800 μg was chosen as the treatment dose in this study.

The OSLP safety study was crucial as there was no prior published scientific evidence on OSLP in
both in vitro and in vivo models, let alone its neuroprotective potential. A prior literature search only
yielded two studies on the ethanolic extracts of Orthosiphon stamineus; Choo et al. (2018) examined the
anticonvulsive potential in adult zebrafish [9] and Ismail et al. (2017) reported on toxicity in zebrafish
embryos [19]. As such, this work represents the first of its kind.

In this study, the PTZ-induced seizure model was established [7,12] to investigate the
anticonvulsive potential of OSLP (800 μg/kg of b.w.) using adult zebrafish. Pre-treatment with
OSLP 800 μg for 30 min brought about significant improvements in the PTZ-injected zebrafish, with a
lower seizure score and a prolonged seizure onset time. Pre-treatment with OSLP 800 μg also produced
a swimming pattern comparable to that of the untreated VC which received neither PTZ injection
nor OSLP treatment (TC). It was seen that the O+P group managed to swim through the whole
tank without showing an apparent preference for any spot or apparent bottom-dwelling behavior.
Contradictorily, the representative zebrafish swimming pattern showed a bottom-dwelling behavior in
the PTZ-injected group, which has been strongly linked to the anxious behavior in seizures [15,16].
A similar observation was also reported in two recent studies using PTZ-induced zebrafish [7,12].
Diazepam (DZP, 1.25 mg/kg) has been found in this study to efficaciously control seizures in the
PTZ-injected zebrafish and thus, a swimming pattern comparable to that of the untreated VC was
observed. Interestingly, the TC group which received neither PTZ injection nor DZP treatment,
produced a swimming pattern comparable to that of the untreated VC group. This finding thus
reaffirms that OSLP at 800 μg/kg of body weight does not produce lethal events and with that it could
be potentially anticonvulsive. Nevertheless, one of the limitations in this study includes a considerably
low yield of OSLP (approximately 0.3%) extracted from OS leaves and hence, based on the safety study
(Section 3.1), only the maximal safe dose (800 μg/kg of b.w.) was used.

The PTZ-injected group had the highest mean total distance travelled and travelled about 60%
longer distance than the untreated VC group. This uncontrolled movement has been strongly linked to
burst neuronal firing in addition to the pass-out phenomenon in seizures [20,21]. A similar observation
was also reported in two recent studies using PTZ-induced zebrafish [7,12]. A disruption occurred in the
normal balance of excitation and inhibition following the injection of PTZ. Binding of PTZ to GABAA

(γ-aminobutyric acid type A) receptors stimulated excitability in the brains and hence provoked
uncontrolled seizures in the zebrafish. This explains the representative swim path of the PTZ-injected
group which showed burst swimming activities (i.e., erratic movements, loss of direction) which taken
together, contributed to the longest total distance travelled. Moreover, the PTZ-injected group spent
a longer time in the lower half of tank, which could possibly be attributed to the bottom-dwelling
behavior in seizures [15,16].

In contrast, pre-treatment with DZP significantly alleviated the manipulations of PTZ. A 57%
reduction in the total distance travelled was seen in the DZP-treated group and it spent more time in the
upper half of tank in a comparable manner to that of the untreated group. Interestingly however, it also
spent a longer time in the bottom half of the tank, but the untreated group did not. This phenomenon
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could be attributed to the sedative effects of DZP. DZP is an anxiolytic benzodiazepine with fast-acting
and long-lasting actions [22]. When administered intravenously, DZP has been shown to act within 1
to 3 min, while oral dosing onset ranges between 15 to 60 min; with a duration of action of more than
12 h. Similar to most benzodiazepines, DZP causes adverse effects including syncope (temporary loss
of consciousness), sedation and confusion, to name a few [23]. A similar finding was also reported in
three studies using DZP to treat zebrafish [7,12,24]. Pre-treatment with OSLP 800 μg also alleviated the
manipulations of PTZ. A 20% reduction in the total distance travelled was seen in the OSLP-treated
group and similarly, they spent more time in the upper half of tank compared to the DZP-treated group.
Interestingly however, they did not spend a longer time in the bottom half of tank as the DZP-treated
group did, but in a pattern more comparable to the untreated VC group. Hence, this outcome suggests
that OSLP’s anticonvulsive actions could be acting differently from DZP and with that, it might not
produce the similar cognitive insults such as DZP. This similar outcome has been reported in Choo’s
study using O. stamineus ethanolic extracts to treat adult zebrafish [7]. On the market, DZP has since
been one of the top selling AEDs of all time, well known for its fast onset of action and is often
effective in adults [25,26]. However, DZP’s high clinical efficacy in treating epilepsy and seizures comes
with multiple adverse reactions such as suicidality, paradoxical CNS stimulation, syncope, sedation,
depression and dystonia, to name a few [23]. These adverse effects are common in currently available
AEDs. Worthy of mention, the TC group did not show any abnormal locomotion parameters and
hence, reaffirming that this dose is considerably safe in the adult zebrafish.

Taken together, the outcomes of behavioral study suggest that OSLP at 800 μg/kg of body weight
is potentially anticonvulsive. OSLP treatment produced milder anticonvulsant effects in comparison to
DZP treatment, which is one of the standard AEDs available today.

In this study, two major neurotransmitters, namely GABA and Glu, were investigated.
An interrupted GABA/Glu cycle was seen in the PTZ-injected zebrafish, with a drop in the mean GABA
level but a surge in the mean Glu level. Distinctively, such anomalies were not found in the untreated
zebrafish which did not receive PTZ injection. Additionally, the GABA/Glu ratio of PTZ-injected
group remained the lowest. This thus shows a disruption in the normal balance of excitation and
inhibition following the PTZ treatment. PTZ is a tetrazol derivative known to block GABAA receptor
function [27]. PTZ suppresses GABA inhibitory activities which in turn potentiates the Glu excitatory
activities in the brain and eventually results in an unbalanced GABA/Glu ratio. This finding has
lent more support to the severe seizures seen in the PTZ-injected group. Pre-treatment with DZP,
without surprise, significantly suppressed the excitatory neurotransmitter Glu, normalizing it to be
comparable to the untreated VC group. Concurrently, the GABA levels in the DZP-treated group
saw a slight elevation and this eventually improved the GABA/Glu ratio. A similar finding has been
reported earlier [28]. DZP inhibits Glu release to suppress glutamatergic hyperactivity and hence,
restores the balance between GABA and Glu to promptly arrest neuroexcitation [29,30]. Pre-treatment
with OSLP has also improved the neurotransmitters profile, with significantly lower excitatory Glu
levels. More interestingly, OSLP treatment brings the GABA/Glu ratio close to the DZP treatment.
Although to a lesser degree than the pure drug control, taken together, these findings show that OSLP
has GABA potentiating actions and antiglutamatergic effects. Moreover, the finding that TC group had
a neurotransmitters profile comparable to the untreated VC group, has also buttressed the proposal of
OSLP could be having neuroprotective potential.

The present protein expression study is useful in helping to predict the anticonvulsive mechanism
of OSLP. The main findings are the following. First, mass spectrometry-based LFQ analysis compared
the differentially expressed proteins in the seizure group (NC, induced by PTZ 170 mg/kg only)
and the OSLP-treated seizure group (OSLP 800 μg/kg + PTZ 170 mg/kg). This identified a distinct
protein expression profile of 29 differentially expressed proteins that had higher expressions in the
O+P group than in the NC group. Second, functional annotation analysis found the protein bindings
of SNARE (GO:149) and syntaxin (GO:19905) at intracellular localizations that were particularly
interesting, given the fundamental role they play in the regulation of membrane fusion during
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presynaptic vesicle exocytosis. Third, KEGG pathway mapping proposed the synaptic vesicle
cycle (04721) as the most probable pathway, in line with the strong association between SNARE
and syntaxin proteins. These proteins are required in calcium (Ca2+)-dependent synaptic vesicle
exocytosis. As shown, the trans-SNARE complex was assembled in the presence of SNARE proteins
including complexin (Cplx), syntaxin (Stx), synaptotagmin (Syt), synaptosomal-associated protein
of 25 kDa (Snap25) and vesicle-associated membrane protein (Vamp). According to ZFIN (https:
//zfin.org/ZDB-GENE-081113-1), gene cplx2 is predicted to orthologous to human gene CPLX2.

Complexin is an important regulator of synaptic vesicle exocytosis. Complexins, also called
synaphins, are small cytosolic proteins. They form a small protein family with four isoforms,
Cplx1–4 [31]. Cplx1 and Cplx2 are highly homologous. In particular, they bind to the SNARE complex
which are expressed at presynaptic sites [32–35]. SNARE binding is a highly specialized regulation that
is strictly regulated by synaptic fusion machinery. The basic components of a synaptic fusion machinery
are the SNARE proteins namely Cplx, Stx, Syt, Snap25, Vamp, and two mammalian uncoordinated
proteins (Munc13 and Munc18) [36]. The formation of the trans-SNARE complex is required in the
vesicle priming phase. As the trans-SNARE complex forms, the vesicle is pulled close to the plasma
membrane, where it is ready to fuse in response to the Ca2+ influx that is triggered by an action potential,
usually in less than a millisecond. Complexin binds to the trans-SNARE complex and modulates the
fusion process by either increasing or decreasing the height of the energy barrier for fusion. The height
of the energy barrier for fusion is not only important for evoked release but also determines how likely
vesicles are to fuse spontaneously in the absence of a Ca2+-triggering signal. After fusion, the vesicle
is retrieved by endocytosis and reloaded for another round of exocytosis [13,32,33,36]. Therefore,
the binding of complexin to the SNARE complex is crucial for the normal priming and subsequent
Ca2+-evoked neurotransmitter release during presynaptic vesicle exocytosis.

The findings of protein expression study have suggested that synaptic vesicle cycle pathway
could play a significant role in modulating the anticonvulsive mechanism of OSLP. OSLP could be
regulating the release of GABA and Glu via calcium-dependent synaptic vesicle exocytosis. Similar
findings have been reported by studies using samples from rats and patients [32,34,35]. Decreased
expressions of complexin 2 have also been associated with neurodegenerative diseases including
Alzheimer’s, Huntington’s, and Parkinson’s; psychiatric disorders including schizophrenia and bipolar
disorder [37–40], with seizures and epilepsy being common comorbidities [41–46].

OSLP could be a potential anticonvulsant. Found in OSLP, baicalein 7-O-glucuronosyltransferase
and baicalin-beta-D-glucuronidase are responsible for the biosynthesis of baicalein and baicalin,
respectively. Baicalein and baicalin have been reported to have anxiolytic activity and acting on GABA
and glutamic acid in rat brains [47], binding to the benzodiazepine site of the GABAA receptor to
potentiate GABA-mediated inhibition [48–50] and anticonvulsive action in the PTZ-induced seizure
rat model [51]. Beta-mycrene synthase and R-linalool synthase are proteins responsible for the
biosynthesis of myrcene and linalool respectively. Linalool has been reported to have antiepileptiform
and antiseizure properties in PTZ-treated rats [52–54] whereas beta-mycrene has also been reported
for sedative effects in human [55] and anticonvulsive effects in PTZ-treated rats [56]. Beta-mycrene
synthase and R-linalool synthase might not directly act on cannabinoid receptors but could be producing
synergic effects with future cannabinoid-based AEDs. The postulated synergistic contribution on
both GABA and Glu neurotransmitters can increase the efficacy of future cannabinoid-based AEDs
in managing epilepsy and seizures [57–60]. Rosmarinate synthase is involved in the biosynthesis of
rosmarinic acid Choo, Kundap [7] suggested that rosmarinic acid (in an ethanolic extract of OS) is one
of the probable antiepileptic components of the extract in adult zebrafish whereas similar findings in
PTZ-induced seizures in mice have also been reported earlier [10,61].

5. Conclusions

The study suggests that OSLP could be a potential anticonvulsant. OSLP most likely regulates the
release of the neurotransmitters, GABA and Glu, via calcium-dependent synaptic vesicle exocytosis
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mediated by the “synaptic vesicle cycle” pathway. To the best of our knowledge, this study is the first
to show that OSLP can safely ameliorate epilepticeizures in adult zebrafish.
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Abstract: Parkinson’s disease is a common neurodegenerative disorder leading to severe disability.
The clinical features reflect progressive neuronal loss, especially involving the dopaminergic system.
The causes of Parkinson’s disease are slowly being uncovered and include both genetic and
environmental insults. Zebrafish have been a valuable tool in modeling various aspects of human
disease. Here, we review studies utilizing zebrafish to investigate both genetic and toxin causes of
Parkinson’s disease. They have provided important insights into disease mechanisms and will be of
great value in the search for disease-modifying therapies.
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1. Introduction

Parkinson’s disease (PD) is a neurodegenerative disorder leading to severe disability, affecting
millions of people worldwide [1]. The clinical features of PD reflect the progressive loss of neurons
throughout the nervous system. Dopaminergic neuron loss leads to many of the classic motor
symptoms of PD, such as resting tremors and slowness of movement, but the pathology is much more
widespread and results in many non-motor symptoms as well. Current treatments can improve the
symptoms of PD but there are no therapies that alter the progression of the disease. It is essential to
understand the pathophysiology of PD before developing disease-modifying therapies and zebrafish
(ZF) offer unique qualities to add to this understanding.

2. What Is Known About the Pathophysiology of PD

The hallmark pathological finding in PD brains is the presence of intracytoplasmic inclusions
called Lewy Bodies (LBs) [2]. Although the vast majority of cases of PD are sporadic, it was the
discovery of a mutation in the α-synuclein (α-syn) gene in a family cluster that led to the identification
of α-syn as the major component of LBs, both in this family but also in sporadic cases [3,4]. It is
widely accepted that the aggregation and propagation of misfolded α-syn underlies the pathogenesis
of PD [5,6]. When proteins misfold, they can form aggregates that lead to cell death. Several recently
discovered lines of evidence support the self-propagation and spread of α-syn, leading to a predictable
progression of PD [2,7]. α-Syn pathology appears to start in the gut and olfactory bulb, then spreading
to the substantia nigra (SN) and other brain regions [2]. This process of templating was first described
for prion disease but now has been proposed to underlie most neurodegenerative disorders [5,8].

Understanding the causes of protein misfolding and aggregation is essential for understanding
the pathogenesis of the disease and are summarized in Figure 1. Increased expression of α-syn by gene
duplication or promoter variations is sufficient to cause or increase the risk of developing PD [9–13].
α-Syn levels can also increase through disruption of its degradation. Both the ubiquitin proteasome
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system and autophagy degrade α-syn [14–19] and dysfunction of both of these processes have been
implicated in PD. For example, mutations in genes that code for proteasome proteins (e.g., UCHL-1
and Parkin) and proteins involved in autophagy (e.g., GBA and LRRK2) markedly increase the risk of
PD [20,21].

Figure 1. Summary of the proposed pathogenic pathways leading to Parkinson’s disease. The genes
and toxins that have been studied in zebrafish are listed in the pathways that they likely influence.
Protein degradation refers to autophagy and the ubiquitin proteasome system. ROS refers to reactive oxygen
species. ALDH refers to aldehyde dehydrogenase. DOPAL refers to 3,4-Dihydroxyphenylacetaldehyde
and DOPAC is 3,4-Dihydroxyphenylacetic acid.

Mitochondrial dysfunction has also been implicated as a pathway leading to α-syn aggregation
and PD [22–25]. The causes of mitochondrial dysfunction are diverse and can include both genetic
(e.g., PINK1 and Parkin) and environmental (e.g., rotenone and TCE) insults [26–29]. There is also
evidence that α-syn aggregates themselves lead to mitochondrial dysfunction, further propagating
a prion-like cascade [30–34]. When mitochondria are damaged, they can be repaired or replaced.
Mitophagy is the process by which mitochondria are targeted and degraded via macroautophagy,
so dysfunction in autophagy may also lead to mitochondrial dysfunction.

Neuroinflammation (i.e., microglial and astrocyte activation) also appear to be a factor in the
pathogenesis of PD [35–37]. Microglia are the resident immune cells of the CNS and play key roles in
tissue repair and cellular homeostasis [38]. Inflammatory changes may cause injury, protect against it,
or simply reflect neuronal injury [36,38–40]. Recent studies support a contributing role of inflammation
to neuronal damage [37,40]. It is clear that inflammatory changes (microglial and astrocyte activation)
are found in PD brains [40], and genetic alterations in several immune function-related genes (e.g., DJ-1,
leucine-rich repeat protein kinase-2 (LRRK2), and HLA-DR) can alter the risk of developing PD [41,42].

3. Zebrafish as a Model Organism to Study PD

PD does not naturally occur in animals and since it can take decades to develop in humans, no
model can accurately incorporate all aspects of the disease. With that said, different animal models can
be utilized to study specific aspects of PD. For example, dopamine neurons can be selectively killed in
rodents, resulting in some of the motor features of PD. These are excellent models for testing medicines
that can relieve the symptoms of PD but may not prevent its pathogenesis. Other models focus on
investigating the underlying molecular mechanisms that lead to PD, such as α-syn aggregation and
dopaminergic cell loss. Measuring the perturbation of pathways leading to a disease has become
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a well-accepted approach in studying chronic disease (i.e., adverse outcome pathways (AOP) [43]).
This is where ZF offer particular advantages over many other models [44]. Firstly, the transparent
nature of the embryos and larvae allows for the use of non-invasive imaging techniques to study
neuronal integrity, proteostasis, mitochondrial functions, and microglial activity in genetically modified
fish using florescent reporters. Compared to rodents, ZF are also prolific external breeders. This allows
researchers to easily genetically modify fertilized eggs without injury to the parent, minimize variation,
and maximize experimental replicates. Furthermore, behavioral assays in ZF larvae can be performed
in an automated and high-throughput manner, which can act as a powerful screening tool although
the range of behaviors that can be measured is relatively limited [44].

Both genetic and toxin-induced ZF models have been used to study PD. A number of factors need
to be considered when reviewing these studies. Most investigators utilize embryos and larvae to take
advantage of their transparent nature but we must be cognizant that we are studying a degenerative
disease in a developing organism [45]. Toxins can easily be added to the water but since the embryos
are rapidly developing, the timing of exposure is very important. For example, some toxins affect
notochord development during the first 24 h post fertilization (hpf), which would impair all subsequent
behavioral assays. Embryos normally hatch approx. 3 days post fertilization (dpf), and the chorion
can act as a barrier to toxins and other treatments added to the water. Some investigators choose to
dechorionate the embryos prior to exposure, while others leave them intact [46]. Other considerations
include the fact that the ZF blood brain barrier forms after 3 dpf, and the fish sexually differentiate at
approx. 21 to 23 dpf [46,47]. When performing and reviewing ZF studies, it is important to consider
factors such as these to maximize the benefit of using this model organism.

4. Genetic Models Used to Study PD

4.1. Synuclein

The first mutation found to cause a rare form of autosomal dominant (AD) PD was in the gene
coding for α-syn [3]. This led to the finding that α-syn is the major component of LBs, both in the
brains of this family but also in brains of sporadic cases [4]. Increased expression of α-syn by gene
duplication is sufficient to cause PD [9–12] and the REP1 263 allele in the α-syn promoter, which
confers a higher level of expression [48], is associated with an increased risk of developing PD [13]
and faster progression in those that have it [49]. ZF express three syn genes: sncb, sncg1, and sncg2
(encoding β-, γ1-, and γ2-syn, respectively). They do not express an α-syn orthologue [50] although
there is evidence that γ1-synuclein (γ1-syn) has a similar function as α-syn. γ1-Syn is highly expressed
in the brain and is developmentally regulated in a similar manner as α-syn [51]. Knockdown of γ1-syn
and ZF β-syn leads to hypokinesia and reduced dopamine levels, and expression of human α-syn can
reverse these abnormalities [52].

We have transiently expressed γ1-syn in neurons using the HuC promoter and found it also
forms thioflavin T binding to fibrils like α-syn, with similar kinetics [53]. Overexpression of γ1-syn
in ZF neurons leads to the formation of aggregates in vivo and is neurotoxic in a similar manner as
α-syn [53,54]. This model is limited by the inherent variability of transient expression and that the
HuC promoter does not express well in dopaminergic neurons. We have made a stable transgenic line
of fish using a Gal4/UAS expression system under the ZF HuC promoter (HuC:Gal4 x UAS:α-syn),
but there is a much subtler phenotype (unpublished data). Despite these limitations, overexpression of
α-syn in ZF neurons has proven to be useful in testing potential drugs that lower the neurotoxicity of
α-syn aggregation [53,54].

4.2. LRRK2

Mutations in the leucine-rich repeat kinase 2 (LRRK2) gene are the most common cause of
autosomal dominant PD and account for 1% of sporadic cases and 4% of familial cases [55]. The G2019S
mutation is the most common, especially in Ashkenazi Jewish people or North African Berbers, but
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there are several other pathogenic variants. The penetrance is generally considered low (approx. 25%)
but varies by the population studied [56]. Importantly, patients with LRRK2 mutations present with
similar symptoms as idiopathic cases and most contain α-syn containing LBs [56].

LRRK2 is a protein with several domains, including both a serine/threonine kinase and a GTPase
domain [21]. It is likely that all or most of the pathogenic mutations in the LRRK2 gene results in
a toxic gain-of-function increase in kinase activity and kinase inhibition is considered a promising
therapeutic drug target for both LRRK2-induced and idiopathic PD [21].

ZF contain a homologue of the human LRRK2 (hLRRK2) gene, and the protein contains all the
functional domains of the human protein. The kinase domain is particularly conserved in ZF with
a 71% homology [57]. Despite the fact that gain-of-function increase in kinase activity is considered
the most likely mechanism whereby LRRK2 mutations lead to PD, ZF biologists have focused on
knocking down the gene in ZF. Morpholino (MO) knockdown of the LRRK2 in ZF (zLRRK2) results
in embryonic lethality with severe morphological and neuronal defects, including loss of tyrosine
hydroxylase (TH)-positive neurons [57]. The effects of targeted deletion of the Trp-Asp-40 (WD)
domain of zLRRK2 using MO is less clear. Sheng et al. [57] reported that this knockdown resulted in a
Parkinson’s phenotype including loss of TH+ neurons and locomotive dysfunction, while Ren et al.
could not reproduce these findings despite using the same reagents [58].

More recently, Prabhudesai et al. knocked down a full length zLRRK2 in a dose-dependent
manner and reported generalized morphological defects, loss of HuC and dopaminergic neurons,
as well as increased levels of β-synuclein, PARK13, and SOD1. They also reported aggregation of
β-synuclein; however, this is less clear since no staining for β-pleated sheets was performed and only
low power images were shown [59]. These data confirm previous reports of the importance of LRRK2
in general development but also suggests it plays a role in proteostasis. No one yet has reported on the
effects of increased kinase activity in ZF, which have a much more direct relevance to the etiology of
PD in patients carrying a mutation in the LRRK2 gene.

The function of LRRK2 was further investigated by creating a mutation in the WD40 domain in
zLRRK2 [60]. This mutation led to the fish being hyperactive and exhibiting a weakened antibacterial
response. Transcriptome analysis revealed that this mutation in zLRRK2 altered the expression of the
genes involved in infectious, immunological, and neurological diseases [60]. These studies add insight
into why people with LRRK2 variants suffer from a higher incidence of Crohn’s disease and leprosy.

4.3. GBA

Gaucher’s disease (GD) is a relatively common autosomal recessive lysosomal storage disease
caused by mutations in the glucocerebrosidase 1 (GBA) gene. GBA1 is a lysosomal enzyme required
for the breakdown of glucosylceramide to ceramide and glucose and patients exhibit accumulation of
glucocerebroside in the spleen, liver, and bone marrow. Clinically, GD presents in a very heterogenous
manner. Patients can be asymptomatic or present with severe neurological decline with systemic
problems. Several pathogenic mutations have been reported and heterozygote carriers are at an
increased risk of developing PD [61]. Depending on the mutation, the risk of developing PD can
increase from 2 to 19 fold [20]. GBA mutations result in loss of enzymatic activity of glucocerebrosidase,
leading to lysosomal dysfunction that is believed to be responsible for the increased risk of PD.
Patients with GBA mutations and PD have classic LBs, suggesting that the increased risk in these
patients is due to a decreased degradation of α-syn through autophagy [20].

This concept that GBA mutations lead to an increased risk of PD by reducing α-syn degradation
has been directly challenged by Keatinge et al. using their ZF GBA model [62]. They deleted 23 bp
of the GBA orthologue that resulted in many of the characteristics of PD. Early on, they found
sphingolipid accumulation, up regulation of miR-155 (a regulator of inflammation), and microglial
activation. At 8 weeks post-fertilization (wpf), they reported decreased motor activity, dopaminergic
cell loss, mitochondrial dysfunction, altered autophagy markers, and ubiquitin-positive intra-neuronal
inclusions. Interestingly, all of these PD-like pathological changes occurred in the absence of α-syn and
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the ZF β- and γ1-synuclein levels were decreased. Furthermore, ablation of miR-155 expression did
not alter microglial activation or the disease pathology [63]. Other features of GD were also apparent.

Uemura et al. knocked out GBA in medaka and reported some but not all of the findings of
Keatinge et al. [64]. They reported infiltration of Gaucher-like cells into the brain, progressive aminergic
neuronal loss, and microgliosis. Interestingly, they observed accumulation of α-syn in autophagosomes
but knocking out α-syn in GBA-deficient medaka did not improve survival or the axonal swellings.
Taken together, GBA deficiency results in dysfunction in autophagy as well as the accumulation of
sphingolipids and proteins, such as α-syn; however, the α-syn is not necessary for neuronal loss.

4.4. Parkin

Mutations in the Parkin gene is the most common cause of autosomal recessive (AR) PD [55].
It is important to note that most PD patients with Parkin mutations do not have an LB pathology,
even though they show fairly classic clinical signs of early onset PD [65]. For this reason, the pathological
pathways leading to dopaminergic cell loss and clinical PD are likely different than the pathological
pathways responsible for the majority of idiopathic or most other forms of genetic PD. The Parkin
gene encodes for an E3 ligase that targets many proteins, including soluble α-syn, for degradation by
the UPS or lysosomes. Parkin also plays an important role in targeting damaged mitochondria for
clearance via mitophagy [65].

The ZF Parkin gene was cloned, and the protein was predicted to be 62% identical to the human
Parkin protein and 78% identical in the most important functional regions [66]. MO knockdown
of ZF Parkin led to reduced mitochondrial complex 1 activity and a 20% reduction in diencephalic
dopaminergic neurons at 3 dpf. The authors reported that the Parkin knockdown ZF were more
sensitive to MPP+ but the additional dopaminergic loss appeared to be additive. The fish swam
normally at 5 dpf but had abnormal electron-dense material in the T tubules in muscle tissue [66].

Fett et al. also studied Parkin in ZF and described increased aggregation of Parkin under conditions
of oxidative stress or in the presence of dopamine [67]. They used antisense technology to reduce the
Parkin levels by 53%, but saw no morphological or behavioral alterations, and the dopamine neuron
counts were normal at 3 dpf. Finally, they reported that overexpression of Parkin using a ubiquitous
promoter reduced the number of apoptotic cell death while reduced levels of Parkin increased the
death after heat shock determined by acridine orange.

4.5. (PTEN)-Induced Putative Kinase 1 (Pink1)

The 2nd most common cause of AR PD is mutations in the Pink1 gene, resulting in young onset
disease [65]. LBs have been reported in two cases while they were absent in one report [68]. Pink 1 is
a highly conserved 581 aa protein that is widely expressed in the CNS and associates with mitochondrial
membranes. It is believed to play an important role, along with Parkin, to regulate mitochondrial
quality, and the loss of function of Pink1 leads to disease [69].

MO knockdown of Pink1 has led to variable results in ZF. An early study reported
severe developmental malformations, a reduction in dopaminergic neurons, and mitochondrial
dysfunction [70]. Interestingly, Pink1 knockdown resulted in increased in GSK3β activity and GSK3β
inhibitors partially rescued the malformations. In a study by Xi et al., MO knockdown of Pink1 did not
lead to loss of dopamine neurons but altered patterning of their projections and altered locomotion [71].
Sallinen et al. reported that Pink1 protein was expressed in dopaminergic neurons and MO knockdown
did not result in reduced dopaminergic neurons but did sensitize them to MPTP [72].

Flinn et al. took a different approach to study Pink1 [73]. They identified a fish line with mutant
Pink1 from a mutagenized library. The knockout fish had a 25% reduction in dopaminergic neurons,
which appeared to be relatively specific and not reflective of a more generalized developmental defect.
They also observed microglial activation. The mitochondria in these fish had an abnormal morphology
and reduced complex I and III activity. Taking a transcriptomic approach, they found that TigarB was
highly upregulated and knockdown of TigarB reversed the mitochondrial defects caused by the loss
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of Pink1. Taken together, Pink1 appears to be important in maintaining dopaminergic neurons and
mitochondrial function. The developmental malformations described by Anichtichik et al. were likely
due to off-target effects.

4.6. DJ1

Mutations in the gene coding for DJ1 (PARK7) is another cause of AR PD, but LBs have yet
to be described in brains of these patients [65]. The DJ1 protein is widely expressed and mostly
localizes in the cytosol, as well as in the nucleus and mitochondria. Its function is not completely clear,
but it appears to be able to sense oxidative stress and regulate anti-oxidant and anti-apoptotic gene
expression [65].

The ZF orthologue of DJ1 is 83% identical to the human protein, and is expressed in the brain,
muscle, and gut [74]. MO knockdown of DJ1 did not lead to loss of dopaminergic neurons, but did
increase their sensitivity to H2O2 and proteasome inhibition [75]. Interestingly, overexpression of
DJ1 in ZF astroglia led to increased expression of several genes related to oxidative stress in a similar
pattern as nrf2 and was protective against MPTP toxicity [76].

5. Toxins and the Study of PD

There are a variety of reasons to study toxins in ZF with respect to PD. They can be used to create
an anatomical model of PD by killing dopamine neurons. Others use them to study the biological
plausibility of an association between exposure and disease. ZF are especially helpful in studying the
mechanisms of action of toxins (i.e., adverse outcome pathways) and how they may alter the risk of
PD. In particular, two different ZF lines, DAT-EGFP and VMAT2-EGFP, have been very useful in these
studies to determine the effects of toxins on dopamine neurons [77,78]. Other studies utilized whole
mount in situ hybridization or immunohistochemistry for labeling TH.

5.1. Toxins That Kill Dopamine Neurons

MPTP (1-methyl-4-phenyl-1,2,3,6-tetrahydropyridine) is one of the most commonly used toxins to
kill dopamine neurons. It was discovered when addicted individuals injected the synthetic opioid
MPPP that was contaminated with MPTP, and suddenly became Parkinsonian [79,80]. Its mechanism of
toxicity is due to the enzymatic conversion of MPTP by MAO-B to MPP+, which is selectively taken up
by the dopamine transporter (DAT) in dopamine neurons. This leads to the inhibition of mitochondrial
complex I, which results in free radical formation, reduced ATP synthesis, and, ultimately, death of the
neuron. MPTP-treated animals have been very useful as a model to test dopaminergic medications,
but the mechanism of cell death is not necessarily related to that in PD [79].

Several groups have reported that MPTP treatment kills the dopamine neurons in ZF. The dose
and timing of exposure likely accounts for the variability in reported effects. A single intraperitoneal
injection of MPTP in adult ZF resulted in transient decreases in brain dopamine levels and locomotion,
but not loss of dopamine neurons [81]. Embryonic and larval ZF are more sensitive to MPTP
and exposure for 2–3 days beginning at 24 hpf results in loss of dopamine neurons and reduced
locomotion [82–85]. The mechanism of toxicity of MPTP is the same in ZF as in mammals, since
MAO-B and DAT inhibition block toxicity [83,84]. There were some morphological abnormalities when
embryos were exposed to higher concentrations of MPTP [85].

6-Hydroxydopamine (6-OHDA) is another toxin used to kill dopamine neurons. It is taken up
by DAT and kills neurons by a mechanism involving oxidative stress. Injection of 6-OHDA into
adult ZF results in a small reduction in dopamine and locomotion, but no apparent loss of dopamine
neurons [81]. Embryonic exposure to 6-OHDA resulted in a small reduction in dopaminergic neurons,
but no change in locomotion [85].
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5.2. Toxins Associated With the Pathogenesis of PD

Exposure to a number of environmental toxins, especially pesticides, have been associated with an
increased risk of developing PD and ZF have been a valuable tool in determining if these associations
represent causality.

5.2.1. Rotenone Is a Mitochondrial Complex I Inhibitor and Is Associated With an Increased Risk of PD

Systemic administration of rotenone in rats leads to α-syn accumulation, loss of dopamine neurons,
and motor deficits. Systemic administration of rotenone in adult ZF had no effect of dopamine neurons
or locomotion [82] but others have reported decreased dopamine, locomotion, and olfaction when put
in the water [86,87]. Rotenone exposure to embryos results in a moderate loss of dopamine neurons,
decreased locomotion, and occasional cardiac defects. There was no determination of the selectivity of
the neuronal loss [85].

5.2.2. Paraquat Is Another Pesticide Associated With an Increased Risk of Developing PD

Paraquat is very similar to MPTP structurally, which is why it was initially studied. It has since
been determined that, unlike MPTP, it is not a substrate for DAT or a complex I inhibitor but a redox
cycler, and enhances oxidative stress in dopamine neurons [88]. In mammals, exposure to paraquat
leads to an approximately 20% decrease in dopaminergic neurons and evidence of oxidative stress [89].
Dopamine neuron loss was greatly enhanced when used in combination with the fungicide maneb [90].
Interestingly, epidemiological studies have shown the risk of PD is also enhanced when exposed to
maneb in addition to paraquat [91].

Treating ZF with paraquat has had mixed results. Bretaud et al. found no effect on embryos
that were treated from 24 hpf to 5 dpf at concentrations up to 10 mg/L [82]. Nellore and Nandita
reported decreased locomotion, dopamine, and serotonin, and evidence of oxidative stress when the
embryos were treated with low dose paraquat from 18 to 96 hpf [92]. When ZF were treated with
1 mM paraquat from 3 to 7 dpf, Kalyn found a 16% decrease in dopamine neurons as well as decreased
DAT and TH expression, but no change in behavior [85]. In adult ZF, IP injection every 3 days (total
of six injections) of paraquat led to decreased locomotion but increased dopamine concentration, no
change in TH expression, and decreased DAT expression [93]. When placed in the water for 4 weeks,
paraquat had no effect on adult ZF [82].

5.2.3. Ziram Is a Dithiocarbamate Fungicide, and Is an E1 Ligase Inhibitor of the UPS

Exposure to ziram is associated with an increased risk of developing PD [91,94]. The biological
plausibility of a causal association was tested using ZF embryos exposed to 50 nM of ziram at 24 hpf,
resulting in selective loss of dopaminergic neurons and altered swimming in the dark in a similar
manner to dopamine blockage [53]. Interestingly, the dopamine neuron loss was γ1-syn-dependent,
since knockdown with MO was protective. Furthermore, CLR01, a drug that breaks apart γ1-synuclein
fibrils, was also protective [53].

5.2.4. Benomyl Is Another Fungicide Found to Be Associated With an Increased Risk of Developing PD

Similar to ziram, it also killed dopamine neurons in a selective manner in ZF [95,96]. The mechanism
of toxicity was found to be due to inhibition of aldehyde dehydrogenase that detoxifies the dopamine
metabolite DOPAL [95,96].

5.2.5. Air Pollution Has Recently Been Found to Be Associated With an Increased Risk of PD and
Alzheimer’s Disease, Although the Mechanisms Remain Largely Unknown

Diesel exhaust particle extracts (DEPe), commonly used as a surrogate model of air pollution in
health effects studies, was used to determine the biological plausibility and mechanisms of toxicity
of this association. ZF embryos treated with DEPe for 24 h (24 to 48 hpf) and analyzed at 5 dpf
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resulted in loss of dopaminergic as well as non-dopaminergic neurons, and altered behavior [97,98].
Using a transgenic ZF line that measures neuronal autophagic flux [99], it was found that DEPe
inhibited flux and that the enhancers of autophagy were protective of neuronal loss.

6. Conclusions

Animal models are essential for the study of disease mechanisms, as they allow us to determine
the causes and lead us towards the discovery of better treatments. ZF offer several advantages over
mammalian models in that that they are inexpensive, transparent, and easily manipulated genetically.
Here, we reviewed many of the studies utilizing ZF that investigated genetic and environmental causes
of PD. They have provided new insights into the pathogenesis of PD that have been extended into
mammalian models. Future ZF studies will likely include high-throughput screens to discover the
environmental toxins associated with PD as well as novel therapeutics to treat the disease.
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Abstract: The zebrafish has a tetrachromatic vision that is able to distinguish ultraviolet (UV) and
visible wavelengths. Recently, zebrafish color preferences have gained much attention because of
the easy setup of the instrument and its usefulness to screen behavior-linked stimuli. However,
several published papers dealing with zebrafish color preferences have contradicting results that
underscore the importance of method standardization in this field. Different laboratories may report
different results because of variations in light source, color intensity, and other parameters such as
age, gender, container size, and strain of fish. In this study, we aim to standardize the color preference
test in zebrafish by measuring light source position, light intensity, gender, age, animal size to space
ratio, and animal strain. Our results showed that color preferences for zebrafish are affected by light
position, age, strain, and social interaction of the fish, but not affected by fish gender. We validated
that ethanol can significantly induce color preference alteration in zebrafish which may be related
to anxiety and depression. We also explored the potential use of the optimized method to examine
color preference ranking and index differences in various zebrafish strains and species, such as the
tiger barb and glass catfish. In conclusion, zebrafish color preference screening is a powerful tool for
high-throughput neuropharmacological applications and the standardized protocol established in
this study provides a useful reference for the zebrafish research community.

Keywords: zebrafish behavior; color preferences; toxicity assessment

1. Introduction

Color perception, an important trait that allows animals to recognize food, predators, shoaling,
mating choices, and hiding places, has been reported to influence the learning behavior and memory
formation of zebrafish [1,2]. Recent studies showed that zebrafish behavior could be used to evaluate
the neurotoxicity of drugs [3,4]. Several transgenic zebrafish models [5,6] have been developed
to assess behaviors based on various color cues and visual stimuli, such as T-maze [3,7], passive
avoidance [8,9], Y-maze [10] and cross maze [6]. The pathway between the photoreceptor and the color
spectrum recognition in animals and lower vertebrates are evolutionarily conserved [6]. Zebrafish
have four different cones to distinguish UV and visible wavelengths. Specifically, the UV-cone has a
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peak sensitivity at 362 nm, the S-cone has a peak sensitivity at 417 nm, the M-cone peak sensitivity is
at 480 nm, and the L-cone has a peak sensitivity at 556 nm [11]. Zebrafish larva responds to light at
3.5 day-post-fertilization (dpf), displays mobility from 5dpf onward, and is able to discern color from
the early age of 5 dpf [6].

Several color preferences have been commonly demonstrated in zebrafish; however, the results
were sometimes contradictory (summarized in Table A3). For example, either red [11,12] or
blue [1,3,6,7,13,14] has been reported with the highest color preference ranking in zebrafish. Different
color preference ranking results reported by different laboratories may be due to variations in the light
source position (provided from the top or bottom positions), color intensity (different illumination lux),
and/or physical parameters such as fish age and gender [1–3,6,7,11,13,14]. The variability of the assays
can be overcome by standardizing the experimental conditions to ensure consistent results and ease in
interpretation. In this study, we aim to standardize the innate color preference test condition in adult
zebrafish by evaluating the potential effect of light source position and intensity, social interaction,
gender, age, and strain of the tested fish. Furthermore, we applied the optimized protocol to evaluate
the color preference difference in adult zebrafish exposed to ethanol to explore the potential uses of
this setting for toxicity assessment.

2. Material and Methods

2.1. Animal Ethics and Animal Used in the Study

All the experimental protocols and procedures involving zebrafish were approved by the
Committee for Animal Experimentation of the Chung Yuan Christian University (Number:
CYCU104024, issued date 21 December 2015). All experiments were performed in accordance
with the guidelines for laboratory animals. For intraspecies comparison, six zebrafish strains, AB,
Tübingen long fin (TL), Wild Indian Karyotype (WIK), golden, absolute, and pet store-purchased (PET)
were used. The TL zebrafish phenotype shows longer fins compared to the AB strain. The TL zebrafish
are homozygous mutants for leot1 and lofdt1. leot1 is a recessive mutation that causes spotting in
adult zebrafish. The other mutation lofdt1 is a dominant homozygous viable mutation causing long
fins [15,16]. The absolute mutant fish is a double mutant fish carrying the ednrb1b140 and mitfab692.
In zebrafish, ednrb1 is important in adult pigment pattern formation [17,18]. This fish is also carrying
the mitfab692 mutation [19] which renders the skin transparent. The absolute mutant lacks melanophore,
xanthophore, and most of the iridophore cells causing the transparent phenotype [20]. The golden
zebrafish exhibited lightening of the pigmented stripes and golden phenotype. The golden phenotype
is characterized by the mutation in slc24a5. This mutation causes a delayed and reduced development
of melanin pigmentation in zebrafish. The mutation produced a lighter stripes in golden zebrafish [21].
The WIK strain was originally derived from a wild-caught line and is highly polymorphic compared to
the AB strain. They are often used for genome mapping in zebrafish because of their characteristic of
being highly polymorphic [22]. Meanwhile, the PET zebrafish were derived from a local aquarium
in Taiwan, they represent the wild-type genetically and presumably have a heterogeneous genetic
background [22]. For interspecies comparison, another two teleost species of tiger barb (Puntigrus
tetrazona) and glass catfish (Kryptopterus vitreolus) were used. Four zebrafish strains, AB, TL, WIK,
and absolute, were obtained from Taiwan Zebrafish Center at Academia Sinica (TZCAS), and the PET
and the golden zebrafish strains, as well as the tiger barb and glass catfish, were purchased from a
local pet store.

2.2. Color Preference Assay

The assay was conducted in a 21 × 21 × 10 cm acrylic tank and filled with 1.5 L of filtered water.
Each half of the tank area with a size of 10.5 × 10.5 was covered with a color plate combination with lux
intensity as listed in Table A1. All the color preference assays conducted in this study took place in the
room temperature condition, which is around 26–28 ◦C. The temperature condition is the same with
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zebrafish maintenance conditions. Four 30W LED lights were positioned above (SerRickDon, Shenzhen,
China) and one 60 × 60 cm 24W LED plate (Lumibox, Shenzhen, China) was positioned below the fish
tanks to provide different combinations of illumination positions and intensities (Figures 1A and A1).
A high-quality Couple-charged device (CCD) camera with a maximum resolution at 3264 × 2448 pixels
and 30 frames per second (fps) frame rate (ONTOP, M2 module, Shenzhen, China) and an infrared (IR)
camera (700–1000 nm detection window) with a maximum resolution at 1920 × 1080 pixels and 30 fps
frame rate (3206_1080P module, Shenzhen, China) was used to record the fish locomotion activity.
We also measured the reflectance of all color plates (Figure 1B and Table A2).

The high-quality CCD camera was used to record the blue–green color plate combination since
the IR camera was not feasible in the tank with a blue–green color combination. The other color
combinations (red–yellow, red–blue, red–green, yellow–blue, and yellow–green) were recorded by using
the IR camera to increase the video signal-to-noise ratio (Figure 1C). The light intensity was measured
by using a luminometer (Peakmeter Instruments Co., Ltd., Shenzhen, China). The luminometer’s
sensor was positioned facing the tank 5 cm above the water level to measure the light intensity
(Figure 1B). The arrangement of four experimental tanks is shown in Figures 1A and A1 to increase
the recording output. The wild-type AB strain zebrafish was used in this experiment. The zebrafish
age used in this study is around 5–6 months old. Four experimental tanks were arranged side by side
into a 2 × 2 array as shown in Figures 1A and A1 to increase the recording output. The experiments
were divided into several different categories such as light position, tank size, social interaction, age,
and gender to compare different variables that may affect the color preference result (summarized in
Figure 1D). The light position, tank size, social interaction, and age were conducted in the color plate
combination experiments. Social interaction and gender experiments were also conducted with half of
the tank covered in color plate and the other half not covered (blank) (Figure 1E). All the experiments
were conducted with a total of 24 fishes used in each category, except in ethanol-treated fish with a
total of 12 fishes used in each ethanol-treated category.

The tank size comparison experiment was conducted to compare a 20 × 20 × 10 tank filled with
1.5 L and a 30 × 30 × 10 tank filled with 4.2 L which have the same height: the water-filled ratio.
For comparing the effect of social interaction towards color preferences, the swimming activity of
single zebrafish in one tank was compared with six zebrafishes shoaling in one tank. The gender effect
was assessed by measuring the 5-month-old male and female zebrafish color preferences separately.
The zebrafish age used for age-dependent color preference study was 3, 5, and 12 months old with a
total of 24 fishes used in each age group. For all the color preference tests, the zebrafishes were placed
into the water tank and immediately performed video recording by using IR or conventional camera
for 30 min. No habituation time was performed in the experimental tank, and zebrafish movement
was analyzed for 30 min in this study. Total Recorder software (High Criteria Inc., Richmond Hill,
ON, Canada) was used to capture the video at a resolution of 1920 × 1080 pixel using the IR or
conventional camera.

2.3. Data Analysis

The fish locomotion within 30 min of the recorded video was analyzed by using an open source
idTracker software (Ver. 2.1, Cajal Institute, Madrid, Spain) [23]. The XY coordinates obtained by
idTracker software was used to calculate the appearing times in different partitions of the zebrafish by
using Microsoft Excel. The choice index equation was used to calculate the preferences of the zebrafish
color preferences [24,25].
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Choice index =
Time stay in color partition (s) − Time stay in a second color partition (s)

Total video time (s)
(1)

2.4. Statistics

One-way ANOVA was used to analyze single group data for combined time point results with
Tukey post hoc analysis. Non-parametric Kruskal–Wallis followed by Dunn’s post hoc test was used to
measure data that violated the normal distribution assumption. The statistical analysis was carried out
by using GraphPad Prism 7.00 for Windows. The data shown were presented as mean ± SEM with
p < 0.05 regarded as the statistically significant difference at 95% confidence.

3. Results

3.1. Overview of Experimental Design and Instrument Setting

To increase the test throughput, we set up four transparent acrylic containers with 20 cm (L)× 20 cm
(W) × 10 cm (H) dimension and equipped them with four top lights and one bottom light (LED plate)
sources to provide constant light intensity (Figures 1A and A1). A luminometer was used to measure
the light intensity from either transmission light or reflection light (Figure 1B). The outlooking of fish
images captured by using either conventional or infrared CCD is shown in Figure 1C. Seven experiments
were conducted in order to understand the optimized color preference testing conditions (Figure 1D,E).
For experiment 1, the potential light position effect on color preference was investigated to see whether
the zebrafish exhibits distinct innate color preference when external light sources were provided from
different positions. For experiment 2, the potential animal density effect was investigated to see whether
the zebrafish exhibits distinct innate color preferences when they stay in different animal-to-space ratio
conditions. For experiment 3, the potential social interaction (shoaling) effect was investigated by
housing either single or six fishes in the same tank. For experiment 4, the potential gender effect was
examined by conducting an innate color preference test using all male or female fishes. For experiment
5, the potential age effect was investigated by conducting a color preference test with zebrafish aged
either 3-, 5- or 12-month-olds. For experiment 6, the potential strain effect was studied by conducting
innate color preference tests with different strains of AB, TL, golden, absolute, and WIK. For experiment
7, the potential toxicological effect of ethanol on innate color preference was examined by exposing
zebrafish (AB strain) to 1% ethanol for either 24 h or 96 h.
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Figure 1. Experimental setup for color preference assay in zebrafish. (A) Schematic of the experimental
setup and a picture of the experimental setup used for measuring zebrafish color preference in this
study. (B) Schematic showing the position of the luminometer to measure the top and bottom light
intensity. (C) Comparison of the images collected from regular Couple-charged device (CCD) (top) and
infrared CCD cameras (bottom). (D) Experimental design and specific aims of this study. (E) Schematic
illustrating tank area with color plate combination and color blank design.

3.2. Experiment 1: Light Source Position on Zebrafish Color Preferences

Various conditions of the zebrafish innate color preference tests used in separate laboratories
sometimes lead to contradictory results in published studies (Table A3). We hypothesized that the
light source position in the color preference test might affect zebrafish color preferences. To test the
hypothesis, first, we compared the achromatic color plate with different light positions to determine
whether different light sources affect zebrafish color preference. We found that the light source did not
result in a significant difference with positions in achromatic plate comparison. In a white (0.000691
uWatt/nm) and grey (0.000207 uWatt/nm) combination, the zebrafish preferred to stay in the grey
partition (Figure 2A). The white–grey combination (F (3,92) = 1651, p = 0.9343) showed no significant
difference in effect whether the light source was placed at the bottom or on top (Figure 2A). In a
white–black (0.0000342 uWatt/nm) combination, the zebrafish preferred the black partition (Figure 2B).
The light source position also showed no significant effect on color preference in the white–black
combination (F (3,92) = 1249, p = 0.8649) as seen in Figure 2B. In a grey and black comparison,
the zebrafish preferred the black partition (Figure 2C). No significant effect on color preference was
detected for top and bottom light position (F (3,92) = 190.7, p = 0.9345) in grey–black color combination
(Figure 2C). This result showed zebrafish preferred to stay in a lower lux intensity partition regardless
of different plate combinations and light positions.

Based on the above findings, we tested whether the innate color preference in adult zebrafish has
an associated light position effect. We addressed this question by using a color plate combination and
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performed an innate color preference test with either a top (Figure 2K) or bottom (Figure 2J) light source.
We subjected all four-color plates on two color combinations in each tank, so the total color combinations
were six color combinations. Each color combination was tested either with a top light source or a
bottom light source. Results showed that the bottom and top light sources have similar color preference
ranking patterns (from most to least: red > blue > green > yellow). The green–blue (F (3,92) = 145.1,
p = 0.0292) (Figure 2D), green–yellow (F (3,92) = 105.9, p = 0.2851) (Figure 2E), green–red (Figure 2G),
red–yellow (F (3,92) = 394.6, p = 0.0195) (Figure 2H) and blue–yellow combinations (F (3,92) = 64.57,
p = 0.0897) (Figure 2I) showed no significant differences in regard to color preference, regardless of
whether the light source was placed at the bottom or on top. Interestingly, although the red–blue
combination showed no difference in color preference ranking, it showed significant differences in
color preference index (F (3,92) = 254.5, p = 0.0398). That is, the light source on top has a higher color
preference index in red compared with the light source placed at the bottom (Figure 2F). Together, our
results demonstrated the innate color preference ranking in zebrafish is red > blue > green > yellow,
and this ranking is not associated with the light source provided either from the bottom (transmission
light) or the top (reflection light) positions. Based on these results, using the top and bottom light
sources makes the results much more stable and repeatable.

Figure 2. The effect of light intensity and light source position on the zebrafish swimming activity choice
index. (A–C) The effect of different light intensity on the zebrafish swimming activity choice index.
(A) White and grey combination, (B) white and black combination, (C) grey and black combination.
(D–I) The effect of different color and light position on the zebrafish swimming activity choice index.
(D) Green vs. blue combination, (E) green vs. yellow combination, (F) red vs. blue combination,
(G) green vs. red combination, (H) red vs. yellow combination, (I) blue vs. yellow combination.
(J,K) Schematic showing the light source positions either from the bottom or on top. The light intensity
was measured by using a luminometer. The data are presented as mean ± SEM, n = 24 for each group.
The difference was tested by one-way ANOVA and the significance level was set at, **** p < 0.0001.
n.s. = non-significant.

3.3. Experiment 2: Tank Size (Animal Density) on Zebrafish Color Preferences

We also assessed whether the density of the tested animals plays a major role in color preferences
which may cause the unrepeatability of the data. To reach this goal, zebrafishes were housed in
different size containers at different fish-to-tank area ratios. The innate color preference for zebrafish
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housed in either a 20 × 20 × 10 cm tank (fish-to-tank ratio is 1:103, Figure 3G) or a 30 × 30 × 10 cm tank
(fish-to-tank ratio is 1:224, Figure 3H) was measured and compared. Both the top light and bottom light
sources were used simultaneously to get rid of any inconsistent factors in illumination. The fish-to-tank
ratio was measured by using ImageJ software based on their relative pixel area. We found that there
was no significant difference in either color preference ranking or index when using a 20 × 20 × 10 cm
tank or a 30 × 30 × 10 cm tank in all color combinations tested (Figure 3A–F).

Figure 3. The effect of different tank sizes on the zebrafish swimming activity choice index. (A) Green
vs. blue combination, (B) green vs. yellow combination, (C) red vs. blue combination, (D) green vs.
red combination, (E) red vs. yellow combination, (F) blue vs. yellow combination. (G,H) Schematics
showing two settings with different fish-to-tank ratios for assessment of the fish density effect. The data
are presented as mean ± SEM, n = 24 for each group. The difference was tested by one-way ANOVA.
n.s. = non-significant.

3.4. Experiment 3 and 4: Social Interaction and Gender on Zebrafish Color Preference

In order to maximize the assay throughput, we measured the locomotor activity of six fishes in
the same container (Figure 4I). With the aid of locomotion tracking software, it is possible to perform
multiple fish tracking in a single arena to increase the experimental throughputs. When multiple
zebrafish swim together, they will display shoaling behavior to reduce anxiety and lower the risk of being
captured by predators [12,26,27]. However, zebrafish color preference experiments in previous studies
were often conducted with a single fish in a color preference chamber or maze [2,3]. Whether multiple
fish and single fish display different color preferences is an interesting and unanswered question.
By analyzing multiple fish, with the aid of idTracker software for individual identity recognition, our
results showed that the single fish and multiple fish tested in a single arena showed a significant
difference in color preference (Figure 4A). In a tank experiment with blank-color partition, the single
fish showed avoidance of green, yellow and blue. Blank partition means a transparent partition or
without a color plate. Thus, we obtained four color combinations: blank–red, blank–blue, blank–green,
and blank–yellow combinations. On the contrary, when the test was given to a group of fish, green,
yellow, blue and red were preferred, which showed an opposite preference between the color partitions.

We also used a color plate combination to investigate whether the multiple fish and single fish
display different color preference rankings. We used four color plates, namely, red, blue, green and
yellow, with a total of six color combinations in this social interaction experiment. The result showed
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that there was no significant difference between single and multiple fish color preference ranking in
color combination, but the variances in the single fish were higher compared with the multiple fish
experiment conditions (Figure 4C–H). Together, our results showed that the color preference data
obtained from a test conducted with multiple fish are more reproducible and consistent compared to
those in which a single fish was tested.

To date, the potential gender effect on color preference in zebrafish has not been adequately
addressed [11]. To this end, we used sex-maturated males and females aged 6–8 months to investigate
the potential gender-associated color preference difference (Figure 4J). The results showed that there
was no significant difference in color preference between male and female zebrafishes tested in this
study. The innate color preference ranking and index showed no significant difference between genders
(Figure 4B). Therefore, in the subsequent experiments, zebrafishes with mixed gender were used to
conduct color preference experiments.

Figure 4. The effect of social interaction and gender on color preference using the top light source.
(A) The effect of the single fish compared with multiple fish in a single tank on color preference using
a blank-color partition. (B) The effect of gender on color preference using the light source on top.
(C–H) The effect of social interaction on color preference using color combinations. (C) Green vs.
blue combination, (D) green vs. yellow combination, (E) red vs. blue combination, (F) green vs. red
combination, (G) red vs. yellow combination, (H) blue vs. yellow combination. (I) Schematics showing
two settings in which either single or multiple fish were kept in a single tested tank. (J) Schematics
showing two settings in which either six male or female fishes were kept in a single tested tank. The data
are presented as mean ± SEM, n = 24 for each group. The difference was tested by one-way ANOVA
and the significance level was set at * p < 0.05, ** p < 0.01, **** p < 0.0001. n.s. = non-significant.
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3.5. Experiment 5: Age Effect on Zebrafish Color Preferences

A thorough review of the literature indicates that the potential effects of fish age on innate color
preferences have not been carefully investigated in previous studies (Table A3). In this study, zebrafish
with different ages from 3, 5 to 12 months old were subjected to color preference tests (Figure 5G). Results
showed that their innate color preference ranking were the same (from most to least: red > blue > green
> yellow) but the time they spent in the preferred color partition was different (Figure 5A–F). Notably,
12-month-old fish showed a relatively lower color preference index in blue–green (F (5,138) = 33.88,
p = 0.4729) (Figure 5A) and red–green color combinations (F (5,138) = 61.39, p = 0.8010) (Figure 5D).
However, the 3-month-old fish showed a relatively lower preference index compared with adult
zebrafish in green–blue (F (5,138) = 33.88, p = 0.6579) (Figure 5A) and green–red (F (5,138) = 61.39,
p = 0.0044) (Figure 5D) color combinations. It appears that the ability of the 3-month-old fish to discern
color was higher compared with the 12-month-old fish because the time the 3-month-old fish chose
their preferred colors was higher. There are also other possibilities to explain the differences that
occurred in this experiment. Differences in the choice index may not be due to color preferences,
but because of the fear or anxiety response. Old zebrafish could show fear or anxiety response to some
colors and will likely show a freezing response and stay in the same color area. However, if the fish did
not show a freezing response, then it could be interpreted as the color preference of the fish. In addition,
the 5-month-old fish has the highest choice index in the green–blue combination (F (5,138) = 33.88,
p = 0.0049) (Figure 5A) and green–red combination (F (5,138) = 61.39, p = 0.0163) (Figure 5D). Our result
suggested that the optimal age for the color preference test in zebrafish is around 5 months old because
they showed the highest choice index compared with other age groups.

Figure 5. The effect of different ages on zebrafish color preference using the light source on top. (A) Green
vs. blue combination, (B) green vs. yellow combination, (C) red vs. blue combination, (D) green vs.
red combination, (E) red vs. yellow combination, (F) blue vs. yellow combination. (G) Schematics
showing three settings with zebrafishes aged at either 3, 5 or 12 months old. The experiment was
conducted with six zebrafishes inside one tank. The data are presented as mean ± SEM, n = 24 for each
group. The difference was tested by one-way ANOVA and the significance level was set at * p < 0.05,
** p < 0.01, **** p < 0.0001. n.s. = non-significant.

3.6. Experiment 6: The Strain- and Species-Specific Effect on Zebrafish Color Preference

The most popular strain that has been used for color preference tests in previous studies is the
AB strain (Table A3). Some previous reports used zebrafish from the local pet store and the variation
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in the fish genetic background might contribute to the inconsistent color preference test results seen
in the literature. Here, we tested the hypothesis by examining the innate color preference among six
different zebrafish strains, namely, AB, absolute, golden, TL, PET, and WIK for the first time. Using the
optimized condition established in this study, we discovered that all six zebrafish strains display the
same color preference, with the ranking from most to least as red > blue > green > yellow. However,
the color preference index for each strain displayed a significant difference compared to their AB strain
counterpart (Figure 6A–F).

Figure 6. Color preference ranking and index difference between six different zebrafish strains. The color
preference index for the (A) green vs. blue, (B) green vs. yellow, (C) red vs. blue, (D) green vs. red,
(E) red vs. yellow, (F) and blue vs. yellow combinations. The data are presented as mean ± SEM, n = 24
for each strain, except for the Wild Indian Karyotype (WIK) strain (n = 12). The difference was tested by
one-way ANOVA and the significance level was set at * p < 0.05, ** p < 0.01, *** p < 0.001, **** p < 0.0001.
n.s. = non-significant.

Compared to the AB strain, the absolute mutant exhibited a lower choice index in green–blue
(F (11,252) = 296.7, p = 0.5117) (Figure 6A), red–yellow (F (11,252) = 374.1, p = 0.0181) (Figure 6E),
and blue–yellow color combinations (F (11,252) = 189.3, p = 0.0457), respectively (Figure 6F).
The reduction in the choice index in green–blue combination suggests that the absolute mutant
spent less time in the blue color compartment and more time in green compartments. A similar
reduction in color choice indices can also be found in red–yellow and blue–yellow combinations
(Figure 6A, E, F). Compared to AB, the golden strain manifests different choice indices in green–yellow
(F (11,252) = 84.61, p = 0.0273) (Figure 6B), red–blue (F (11,252) = 111.4, p = 0.0215) (Figure 6C),
and green–red (F (11,252) = 296.7, p = 0.0009) (Figure 6D) color combinations. Compared to the
AB strain, the TL strain showed a reduced choice index in the green–yellow color combination
(F (11,252) = 84.61, p = 0.0208) (Figure 6B). They also exhibit a higher choice index in the green–red color
combination (F (11,252) = 296.7, p = 0.0001), which means that the TL strain prefers red and spent most
of their time in the red area compared to the green area (Figure 6D). Different wild-type breeds such
as the PET strain showed identical color preference rankings with the AB strain. However, the PET
strain exhibited a lower choice index in the green–yellow color combination test (F (11,252) = 84.61,
p = 0.0020), indicating that the PET strain zebrafish spent more time in the yellow compartment
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compared to the AB strain (Figure 6B). Similar results also were seen in the red–blue color combination
(F (11,252) = 111.4, p = 0.0001) (Figure 6C) and the blue–yellow color combination (F (11,252) = 189.3,
p = 0.0002) for the PET strain (Figure 6F). Finally, the WIK strain exhibited the same color preference
ranking with their AB strain counterpart, but with reduced choice indices in some color combinations
such as green–blue (F (11,252) = 74.17, p = <0.0001) and blue–yellow (F (11,252) = 189.3, p = <0.0001)
(Figure 6A,F). In conclusion, by using the established protocol and conditions, we provided solid
evidence to show that the color preference in six tested zebrafish strains (AB, absolute, golden, TL,
PET, and WIK) display different color preference indices, however, the major color preference ranking
does not appear to be associated with their genetic backgrounds.

Next, we asked whether the current optimized setting can be used to explore the color preference
ranking and index for other small fish species. Two freshwater fishes, the tiger barb (Puntigrus tetrazona)
and glass catfish (Kryptopterus vitreolus), with a similar body size to zebrafish were used in this study to
explore the generality of the optimized experimental setting. Results showed that glass catfish display
a similar color preference ranking with the AB strain zebrafish. It is intriguing to note that the tiger barb
displays a distinct color preference ranking differing from that of the AB strain zebrafish. For the tiger
barb, the innate color preference ranking is green > blue > red > yellow, while the AB strain zebrafish
ranking is red >blue > green >yellow. The result in green–blue (F (5138) = 175.5, p = <0.0001), green–red
(F (5138) = 49.2, p = <0.0001), and green–yellow color combinations (F (5138) = 358.3, p = <0.0001)
indicate that green is the most preferred color for the tiger barb (Figure 7A,B,D). Similar to zebrafish,
yellow is still the least preferred color for the tiger barb, which is corroborated by data collected from
green–yellow, red–yellow, and blue–yellow color combinations (Figure 7B,E,F). In addition, the tiger
barb exhibits lower choice indices in some color combinations, such as red–yellow (F (5138) = 429.1,
p = <0.0001) and blue–yellow (F (5138) = 421.4, p = <0.0001) (Figure 7E,F).

Figure 7. Color preference ranking and index difference for the tiger barb (Puntigrus tetrazona) and glass
catfish (Kryptopterus vitreolus). The color preference index for the (A) green vs. blue, (B) green vs. yellow,
(C) red vs. blue, (D) green vs. red, (E) red vs. yellow, (F) and blue vs. yellow combinations. The data
are presented as mean ± SEM, n = 24 for each fish species. The difference was tested by one-way
ANOVA and the significance level was set at *** p < 0.001, **** p < 0.0001. n.s. = non-significant.
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For glass catfish, the innate color preference ranking is red >blue > green >yellow. The order
is maintained as in zebrafish. This conclusion was supported by data collected from green–blue
(F (5138) = 175.5, p = 0.9846), red–blue (F (5138) = 56.86, p = <0.0001), and blue–yellow color
combinations (F (5138) = 421.4, p = <0.0001), where the blue choice index was higher than other colors
(Figure 7A,C,F). Yellow is still the least favorite color of glass catfish, similar to the zebrafish and tiger
barb (Figure 7). It can be seen that the yellow choice index in either green–yellow (F (5138) = 358.3,
p = <0.0001), red–yellow (F (5138) = 429.1, p = 0.9604), or blue–yellow color combinations is the lowest
compared to the other colors (Figure 7B,E,F). Together, our data clearly showed that the optimized
experimental setting established in the present study can be applied to the innate color preference test
conducted in other fish species.

3.7. Experiment 7: Effect of Ethanol on Zebrafish Color Preference

By using the optimized conditions described above, we aim to test the potential effect of
environmental pollutants on color preference in zebrafish. In this experiment, we used ethanol as the
potential pollutant to see their effects on color preference. Ethanol is extensively applied as a solvent in
the industrial, research, and bioengineering process [28–30]. Excessive use of ethanol in industrial or
research laboratories will likely become a new problem in the environment. Ethanol consumption
has proved to have influence on the vestibulo-ocular system [31–34]. It also exhibits positional
nystagmus and pursuit eye movements that further cause disturbed visual suppression [35–38].
Another experiment in zebrafish also proved that ethanol exposure to zebrafish embryos caused
abnormalities of eye characteristics and affected the function of photoreceptors [39]. There is also
a previous experiment that provides evidence that ethanol may affect visual systems, such as eye
movements and fusion [40]. With all this evidence, we want to find out the effect of ethanol as
an environmental pollutant on the color preference of zebrafish, as ethanol is known to affect the
visual capabilities of animals and humans. Here, we took ethanol as an example to demonstrate
chronological changes in the color preference of adult zebrafish after systematically being exposed to
1% ethanol. The AB strain zebrafish aged 5-month-old were exposed to 1% ethanol for either 24 h or
96 h. For most of the color combinations, the color preference ranking showed no significant change
over time. This result suggests short-term ethanol exposure did not change the innate color preference
ranking in zebrafish. However, it is intriguing to note that the color choice index in 1% ethanol-exposed
zebrafish displayed a significant decrease in green–yellow (F (5,90) = 424.1, p = 0.0580) (Figure 8B)
and blue–yellow combinations (F (5,90) = 307.6, p = <0.0001) over time (Figure 8F). In conclusion,
the optimized protocol and settings for color preference ranking or index testing in zebrafish promises
an applicable toxicity assessment for potential pollutants.
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Figure 8. The effect of 1% ethanol on wild-type zebrafish with the light source on top. The ethanol
at 1% concentration was systematically administered to zebrafish and their color preference changes
were chronologically measured at 24 and 96 h. (A) Green vs. blue combination, (B) green vs. yellow
combination, (C) red vs. blue combination, (D) green vs. red combination, (E) red vs. yellow
combination, (F) blue vs. yellow combination. (G) Schematics showing three settings with either
control or 1% ethanol exposure for 24 h or 96 h. The data are presented as mean ± SEM, control (n = 24);
1% ethanol, 24h (n = 12); 1% ethanol, 96h (n = 12). The difference was tested by one-way ANOVA and
the significance level was set at **** p < 0.0001. n.s. = non-significant.

4. Discussion

Discrepancies in zebrafish color preference test results may have resulted from different factors
that were not properly controlled and/or measured. The question of the potential influence of light
intensity and light source position on color preference in zebrafish has not been adequately addressed.
The zebrafish has been reported to prefer lower light intensity color, which is related to their strong
preference towards blue [3]. Other parameters related to the living environment of the zebrafish may
also affect color preferences.

In this study, carefully keeping the bottom light and top light at a similar light intensity, we found
that the bottom light source and top light source gave similar results in both black–white and the
color preference ranking and choice index (Figure 2). By careful control of the light position, intensity,
and with a larger sample size, the zebrafish used in this study showed a preference for staying in the
red and blue partitions, followed by staying in the green partition and avoiding the yellow partition.
We concluded that the light intensity should be kept consistent in order to reduce bias for innate color
preference in the zebrafish. However, the light source position did not affect zebrafish color preference.

Rhesus monkeys, chickens, turkeys, and mice have been reported to avoid red and yellow colors.
These colors may be recognized as warning signals [41]. It has been reported that the color of feed
may affect the behavior of zebrafish [12]. Avoidance of yellow discovered in the present study is in
line with earlier studies showing that zebrafish tend to avoid yellow [1,7,14]. Yellow has a higher
light intensity compared with the other colors, which may contribute to the avoidance behavior in
the present study. Meanwhile, we found that red is the most preferred based on our zebrafish color
preference test. Studies have shown that animals often prefer the color that is similar to or contrasts
with the environment [42,43]. Animals tend to approach common colors that may help them find
abundant food, while preference for a color that contrasts with the background may help animals to
assess mate quality or to locate less common resources [44]. In addition, the preference towards red
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may be related to the color of the diet (red-colored pellet and artemia). Another study also showed
that the zebrafish has an innate and relatively inflexible color preferences toward red [2].

We found that there is no significant effect of the tank size (animal density) used for the color
preference test in the present study. This finding is in line with an experiment comparing differently
sized tanks that had no significant effect in a novel tank test [45]. By using single fish in the single tank,
we observed that the zebrafish had a different behavior compared to shoaling zebrafish. The single
fish avoided going to color partitions even when the color partition had a lower light intensity
compared to the blank partition, indicative of an altered behavior when the zebrafish were conditioned
alone. A shoal of fish exhibited relaxed behavior when compared to the single fish scenario. We also
observed that the freezing time for multiple fish was shorter as compared to that of a single fish. Such
phenomenon may be affected by the social buffering effect of the zebrafish. Social interaction may
ameliorate the anxiety level in zebrafish [46]. Animals’ ability to distinguish objects and colors in
the environment is helpful in finding food and communicating in groups [47]. Our results showed
that social interaction influences the color preference choice index in zebrafish behavior (Figure 4A)
and is consistent with such interpretation. In the color combination experiment, although the color
preference ranking of the zebrafish did not change, the data variation in the single fish experiment was
higher compared with the multiple fish experiment (Figure 4C–H). Moreover, in the present study,
we found that sex difference did not have a significant effect on color preference ranking, suggesting
that conducting color preference experiments using the mixed gender should be considered as a valid
condition (Figure 4B).

Age plays an important role in the color preference of zebrafish (Figure 5A–F). The 12-month-old
fish were incapable of differentiating the green color partition when compared to the 3-month-old and
5-month-old fish. The 3-month-old and 5-month-old fish showed similar patterns of color preference
ranking and choice index. It has been reported that the zebrafish is able to recognize visual stimuli from
the early age of 5 dpf, highlighting the importance of visual perception [48]. Furthermore, the zebrafish
was reported to have different light preferences between their larval stage and adult stage. The larval
stage showed light preference, while the adult fish showed light avoidance [24,49,50]. The previous
experiments in zebrafish also proved that visual acuity of the normal fish will be improved with age [51].
In the blue and green color combination tests, the 12-month-old zebrafish prefer the blue partition
over green partition, which may be caused by aging. In other color combinations, the color preference
index in older fish was lowered, which may be due to reduced color sensitivity. One of the known
aging symptoms in the zebrafish is retina degeneration, which affects color perception [52]. Besides
aging, another factor also could cause abnormal zebrafish visual behavior, such as environmental
conditions like abnormal lighting environments [51]. Different preferences between larval and adult
stages also can be caused by different opsin expressions between both stages. The zebrafish has two
different opsin genes: The middle/long wavelength sensitive (M/LW) and Rhodopsin-like (RH2) opsin
genes [53]. Both of them are expressed in different times and areas in zebrafish. Expression of LWS-2
(sensitive to a shorter wavelength) in juvenile and larval zebrafish is more expressed than LWS-1
(longer-wavelength sensitive) in the retina. Meanwhile, in adult zebrafish, LWS-2 expressions are lower
than LWS-1, indicating a spectral shift of opsin type from short to long [53,54]. Differences in the larval
and adult stages also can be caused by dissimilar photoreceptor development and function. Larval
zebrafish only have cones as the functional photoreceptor in the retina until 10 dpf [55]. In the larval
stage, a light-responsive cone photoreceptor does not appear until 4 days post-fertilization. Cones
that are sensitive to color in zebrafish larva also do not mature until 10 days post-fertilization [56–58].
In our study, zebrafish prefer red and blue and avoid green and yellow, which is similar to previous
studies [6]. However, there are differences in the choice index between young and old zebrafish.
This could be the anxiety or fear behavior toward some color and not because old zebrafish could not
recognize the color like young zebrafish. Freezing has been suggested as a measurement of anxiety [59].
A previous study proved that longer freezing was observed in zones in which fish spent more time
in a specific color area. Time spent in each area demonstrated a tendency as a stay time of preferred
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colors. However, there are two possibilities of inducing freezing by color. It can be a tendency to avoid
a specific color that reflects an anxiety or fear response. Another possibility is the behavior of the
appetitive quality of another color, which is the behavior of desire to satisfy bodily needs and more
preferred by zebrafish [59,60]. Older zebrafish may show an anxiety or fear response to some colors
and stay in a specific color area. This tendency could be misinterpreted as a preferred color behavior.
Nevertheless, it could be a tendency for appetitive quality. With this fact in mind, it is better to also
test the freezing movement or freezing time in zebrafish caused by color in the future. Meanwhile,
our result showed that the sexually matured 5-month-old fish were favorable to perform the color
preference-related study on because of the established ability of distinctive specific color preference.

The most important finding of this study is that we were able to provide solid evidence to show
that different zebrafish strains gave similar innate color preference ranking when compared with the AB
strain, which has been used as the wild-type control in most experiments. However, each strain seems to
exhibit a different choice index. Previous studies have shown that zebrafish color preferences could be
different depending on their source population [61]. Fish evolution and development may be reflected
in color preferences [62], suggesting that source population, developmental, and evolutionary history
may play a role in fish color preference, as seen in the fact that each strain showed a specific choice index.
Another study also suggests that evolved and developed zebrafish in different physical environments
could have a different color preference, and these preferences could impact their learning abilities [61].
In another species, color may be an important factor in the prey choice of predators [63]. Different
species will have different color preferences depending on their favorite prey or food. A certain study
manages to examine the reaction of various fish species to different models of foods. They found out that
each strain preferred a different color depending on their choice of foods [64]. Our results are consistent
with these studies, where the tiger barb and glass catfish exhibit different color preferences compared
to zebrafish. Each has a different preferred color. Specifically, the zebrafish prefers red, the glass
catfish prefers blue and red, and the tiger barb prefers green. Some studies in cichlid fish showed that
different colored environments could induce a variety of changes to the retina, morphologically and
physiologically, in support of our study that each species from different environments tends to have
a specific color preference. Another study in the barramundi (Lates calcarifer) showed that different
colored light environments could change fish color preference and shift their visual system. In line
with our color preference results that different fish species from diverse environments could exhibit
dissimilar color preference ranking or indices, the study also highlighted the relationship between
organisms and their visual environment and suggested that color preference could influence animal
growth [65].

Depression and anxiety have been linked with color preference changes in humans, and these
changes have already been used to determine mental state in physiological studies [66]. Ethanol-treated
fish showed a reduction in the choice index in the blue–yellow combination, similar to zebrafish
depression behavior reported previously [14]. We also found that ethanol-treated fish exhibited a
reduction in the choice index in the green–yellow combination. Ethanol has been known to cause
anxiety and depression with long-term usage [67]. In this study, we demonstrated the potential
application of the color preference assay for chemical toxicology in a behavioral study.

5. Conclusions

We have optimized the color preference test conditions to highlight the importance of keeping
the light intensity constant and the advantage of using multiple shoaling settings to maximize the
experimental throughput. We observed no significant effect due to different light positions or tank
sizes in this study. We also showed that there was no gender effect on color preference in zebrafish.
In addition, our results also highlight that the utilization of the color preference setting reported
herein is suitable for performing toxicity assessment by analyzing their color choice indices in different
color combinations. Together, we conclude that color preference is a sensitive marker that can be
used to identify alteration caused by a compound or environmental change. Result in zebrafish
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strain tests showed that color preference ranking remains the same, and only the choice indices
differ. However, different species such as the tiger barb and glass catfish could exhibit different color
preference rankings. The optimized conditions established herein are thus generally applicable to
evaluate potential toxicological or pharmaceutical effects of chemicals. A large number of the sample
can be easily obtained by using this reported method (n = 24 for single videotaping), and we believe
that the methodology proposed in the present study provides a robust tool for phenotypic screening
for isolation of mutants with color preference deficiency in the future.
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Appendix A

 
Figure A1. Instrument setting used to perform the color preference test in zebrafish.

Table A1. Illumination condition of the top and bottom light sources.

Color Bottom Light Intensity (Lux) Top Light Intensity (Lux)

Red 440 430
Yellow 450 533
Green 430 497
Blue 410 424
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Table A2. Wavelength (spectrum), reflectance, and irradiance (emission intensity) of all color plates.

Color
Wavelength Spectrum (nm) and

Maximum Wavelength
Reflectance (%) Irradiance (uWatt/nm)

Red 625–740 (625) 97 0.000489
Yellow 565–590 (572) 99 0.000587
Green 500–565 (541) 100 0.000376
Blue 450–485 (456) 98 0.000358

White 380–700 (561) 100 0.000691
Gray 400–700 (564) 96 0.000207
Black 500–700 (588) 80 0.0000342

Table A3. Comparison of the conditions of the zebrafish innate color preference tests used in
various laboratories.

Illumination
Direction

Tank Type
Experimental

Design
Fish Gender Fish Strain

Color Preferences
Ranking

References

Top

T-Maze with colored
plastic sleeves Single fish

N.D. AB
Red = Green >
Yellow = Blue = No
color

[11]
Two-chambered PP
(23 × 15 × 15 cm) n = 12

Bottom
(LED plate)

Transparent acrylic
plastic sheeting with a
thickness of 3 mm.
The dimensions of
the tank
230 × 150 × 150 mm

Single fish

N.D. AB Blue >White > Red [13]

n = 18

Top T-Maze
Single Fish Male and

Female
AB

Blue > Purple > Green
> Yellow = Orange >
Blank

[3]
n = 7–10

Bottom
T-maze setup

n = 12 N.D. AB Blue > Red > Green >
Yellow

[7](Noldus IT (Information
Technology))

Bottom Cross maze
Larvae

N.D.
Wild-type
purchased from
local pet stores

Blue > Red > Green [6]n = 40

Top 20 l glass aquaria
Group of
10 fish

N.D.
Zebrafish obtained
from a commercial
supplier

Red > Green >
>White > Blue

[2](Colored
Light) (40 × 25 × 30 cm)

Bottom

50 cm diameter
transparent plastic
tanks were divided into
four laterals
compartments of a
similar size of 7 cm

n = 12 N.D.
Zebrafish obtained
from a local fish
farm

Blue = Green >
Red = Yellow [1]

Top
Cross-maze with
sidearm covered in
different colors

Single fish
N.D. AB Blue > Red = Green >

Yellow
[14]n

minimum= 8
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Abstract: Marijuana and opioid addictions have increased alarmingly in recent decades, especially
in the United States, posing threats to society. When the drug user is a pregnant mother, there is a
serious risk to the developing baby. Congenital anomalies are associated with prenatal exposure
to marijuana and opioids. Here, we summarize the current data on the prevalence of marijuana
and opioid use among the people of the United States, particularly pregnant mothers. We also
summarize the current zebrafish studies used to model and understand the effects of these drug
exposures during development and to understand the behavioral changes after exposure. Zebrafish
experiments recapitulate the drug effects seen in human addicts and the birth defects seen in human
babies prenatally exposed to marijuana and opioids. Zebrafish show great potential as an easy and
inexpensive model for screening compounds for their ability to mitigate the drug effects, which could
lead to new therapeutics.

Keywords: marijuana; opioid; congenital anomalies; THC; CBD; morphine; codeine; zebrafish;
birth defects

1. Introduction

The status of marijuana legislation for medical and recreational purposes has changed in many
states of the United States in recent years. As of 2020, 33 states and the District of Columbia of the United
States passed laws that broadly legalized marijuana in some form. Out of those 33 states, 11 states and
the District of Columbia have adopted the legalization of recreational marijuana [1]. This change has
altered societal views on the use of marijuana, making the attitude more permissive. The benefit of
medical marijuana for the treatment of many illnesses, including chronic pain, nausea, and various
neurological symptoms has become increasingly clear. Importantly, the Food and Drug Administration
(FDA) approved Epidiolex (plant-based prescription cannabidiol (CBD)) for the treatment of people
aged 2 years and older to treat drug-resistant epilepsies like Dravet syndrome and Lennox–Gastaut
syndrome (LGS). No matter how beneficial its therapeutic properties are, all marijuana products have
side effects. The gaining popularity, the potential benefits, and easy access to marijuana are making
people more reluctant to consider its adverse effects. The report from the 2017 National Survey on
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Drug Use and Health (NSDUH) estimated 30.5 million people aged 12 or older used an illicit drug
in the past 30 days (i.e., current use) [2]. Among these 30.5 million illicit drug users, 26.0 million
were marijuana users, and 3.2 million misuse prescription pain relievers [2]. Notably, the potency of
cannabis in marijuana products has shifted during the last two decades. A recent study has shown
the overall increase in active ingredient content in the cannabis products, with greatly increased
Δ9-tetrahydrocannabinol (THC: a psychoactive component from 3.4% in 1993 to 8.8% in 2008) relative
to cannabidiol (a non-psychoactive component) [3,4]. These changes in use and potency of marijuana
pose a high risk to the cannabis user [3].

Opioids are neuroactive drugs that are derived from the opium poppy (opiate) or synthesized in
the laboratory (opioid). These drugs produce strong sedation, analgesia, and sleep. The use of opioids
often begins with a prescription for acute pain treatment [5], but its long-term use can escalate to high
doses, leading to addiction and overdose deaths [6]. Opioid overdoses have significantly increased
in recent years. According to the World Health Organization, this increase is partly because of their
frequent use as a pain medication to manage chronic non-cancer pain [7].

In the United States, opioid use either as prescription pain medications or as an illegal drug is
widespread. There was an estimated 63,632 deaths due to drug overdose in the United States in 2016,
out of which 19,413 deaths were associated with prescription opioids [7]. This was twice as high as the
number in 2015 [7]. In 2018, ~67% of drug-related deaths (47,600 out of 70,237) involved opioid use [8].
The report from the 2017 NSDUH estimated that 11.4 million people aged 12 or older misused opioids
in the past year, including 11.1 million pain reliever misusers and 886,000 heroin users. The majority of
those people (62.6 percent) misused them to relieve physical pain [2].

2. Trends of Marijuana and Opioid Use during Pregnancy in Recent Decades

Increasingly, women of childbearing age use marijuana or opioids, which makes them very
commonly used dependent substances during pregnancy in the United States after alcohol and
tobacco [9,10]. Despite the fact that many states in the United States have adopted to legalize marijuana,
none of the states have any regulation on its use during pregnancy. Cerdá M. et al. showed that
the states with legal medical marijuana laws have significantly higher rates of marijuana use, abuse,
and dependence compared to the states without such laws [11]. A nationwide study examining the
prevalence of marijuana use among pregnant women using NSDUH data from 2007 to 2012 found
out that 3.9% of pregnant women used marijuana in the previous month [12]. Another study used
the NSDUH data from 2005 to 2014 and compared the marijuana use prevalence among married and
unmarried pregnant women. This study showed that prenatal marijuana uses among unmarried
women increased by 85% from 5.4% to 10% from 2005 to 2014, while the prevalence among married
pregnant women remained mostly stable (1.5%) [13]. From 2009 through 2016, prenatal marijuana
use in California increased from 4.2% to 7.1% [12,14]. Many women use marijuana to reduce morning
sickness. This increasing trend of marijuana use by pregnant women is a great concern, especially
when marijuana products contain high THC levels.

Opioid-containing medications are widely prescribed among reproductive-aged women with
either private insurance or Medicaid [15]. In the United States, opioid overdose deaths among women
increased more than five-fold between 1999 and 2010, and emergency department visits for misuse
or abuse were even more frequent. For every opioid overdose death, there was about 30 emergency
department visits [16]. Patrick et al. [17] found that 28% of around 112,000 pregnant women in the
United States were prescribed opioid pain medication at least once during pregnancy, out of which 96.2%
were short-acting opioid pain relievers. A study looking at the data from 2000 to 2007 with 1.1 million
Medicaid-enrolled women from 46 U.S. states and Washington, DC found that one out of five women
from that cohort of patients filled an opioid prescription during pregnancy [18]. The authors found
that there was an increase in opioid prescriptions, especially codeine and hydrocodone, from 18.5% in
2000 to 22.8% in 2007 [18]. They also found a substantial regional variation in opioid prescription use
during pregnancy ranging between 9.5% and 41.6% across the states. Another study of 534,500 women
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with completed pregnancies between 2005 and 2011 showed that 14.4% had an opioid prescription
dispensed at some point during pregnancy. Of these, 2.2% had opioids dispensed three or more
times during pregnancy [19]. This study, however, observed that there was a decline in opioid
prescriptions to pregnant women from 14.9% to 12.9% between 2005 to 2011 [19]. A study done
by the Centers for Disease Control and Prevention (CDC) estimated the proportion of privately
insured and Medicaid-enrolled reproductive-aged women (15–44 years) who filled a prescription
of opioid-containing medications from an outpatient pharmacy during 2008 to 2012, finding that
approximately one in four privately insured and over one in three Medicaid-enrolled women filled
a prescription for an opioid each year during that time. This study also found that an average of
three opioids were prescribed for every four privately insured women and nearly two opioids were
prescribed for each Medicaid-enrolled woman per year [15]. This increasing trend of opioid use by
women of reproductive age is a great concern because 50% of pregnancies in the United States are
unintended [15], and so, the exposure to the opioid during early prenatal development in unrecognized
pregnancies is very likely.

These data on the marijuana and opioid use by reproductive-age women and pregnant mothers
are alarming, which raises serious public health concerns as there is evidence of adverse pregnancy
outcomes with prenatal marijuana or opioid exposure [20–24].

3. Patterns of Congenital Defects and Behavioral Changes Seen in Children Exposed to
Marijuana in Utero

With the concern that legalization is making marijuana use more prevalent among pregnant
women, Reece et. al. analyzed the overall patterns of birth defects in babies, without considering
maternal age, in Colorado from 2000 to 2014 using data from the Colorado Responds to Children with
Special Needs, the NSDUH, and the Drug Enforcement Agency [25]. This study identified multiple
congenital defects that rose 5 to 37 times faster than the birth rate (3.3%) to generate in excess of
11,753 (22%) major anomalies. Those defects include cardiovascular (atrial septal defect, ventricular
septal defect, patent ductus arteriosus, and others), spina bifida, microcephalus, Down’s syndrome,
central nervous system, genitourinary, respiratory, chromosomal, and musculoskeletal defects [25].
They also showed that cannabis was the only drug whose use grew during that period, while other
drugs like pain relievers, cocaine, alcohol, and tobacco did not [25]. This study indicates a connection
between congenital defects and marijuana use among Coloradans. However, in a previous study
done by Marleen et. al. looking at the babies born with and without major congenital malformations
between 1997 to 2003 compared with in utero illicit drug exposure, the investigators did not find
associations between birth defects and mother’s drug use (including marijuana) during pregnancy.
They interviewed 15,208 mothers and examined 20 eligible categories of congenital malformations.
Five percent of those mothers reported use of illicit drugs during pregnancy. However, they found
the association between periconceptional cannabis use with an increased risk of anencephaly [26].
Other studies found links between in utero marijuana exposure to visual problem solving, visual-motor
coordination, visual analysis, attention deficit, and behavioral problems [27,28]. Prenatal marijuana
exposure was shown to be a significant predictor of marijuana use by adolescents [29].

4. Patterns of Congenital Defects and Behavioral Changes Seen after Prenatal Exposure to Opioid
in Humans

The effect of prenatal exposure to opioids has been studied in recent years. Broussard et al. [30]
described a correlation between opioid analgesic treatment in early pregnancy and certain birth defects,
such as congenital heart disease, spina bifida, hydrocephaly, glaucoma, anterior chamber eye defects,
and gastroschisis. Yazdy et al. [31] reported a two-fold increase risk of neural tube defects, including
spina bifida, with maternal periconceptional opioid use. Minnes et al. [32] reviewed potential impacts
on the development of the central nervous system and cognitive function associated with prenatal
exposure to opiates and described less rhythmic swallowing, strabismus, possible cognitive delay,
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and defects in cognitive function. Moreover, autonomic dysregulation and nystagmus were associated
with prenatal opiate exposed children [33]. Lind et al. [34] reported heart malformations as the most
frequently reported malformations, followed by spina bifida and clubfoot in their systematic review
of congenital defects related to maternal opioid use during pregnancy. However, the authors were
concerned about the quality of the papers reviewed because of the lack of randomized control trials or
other weaknesses found in the pregnancy literature on most medications. Maternal age was not taken
into account in any of these studies.

Prenatal exposure to opiates leads to changes in behavior in babies. The prenatally opioid exposed
neonate experiences opioid withdrawal symptoms because of the sudden discontinuation of the
opioid after birth. Neonatal abstinence syndrome (NAS) is a postnatal drug abstinence syndrome
characterized by a wide range of signs and symptoms including irritability, tremors, hypertonia,
feeding intolerance, emesis, watery stools, seizures, and respiratory distress [17,23]. NAS-related
withdrawal symptoms were recorded in 60 to 80 percent of newborns who were exposed to opioids
such as heroin and methadone in utero [17]. The CDC reported diagnosis of seven NAS cases every
1000 newborn hospitalizations nationwide in 2016, which is three-fold higher than in 2008 (2.2 out
of 1000 newborn) [35,36]. This is equivalent to 80 newborns with NAS every day [35,36]. In 1998,
Bunikowski et al. reported NAS in the majority of drug-exposed infants during their first days of
life. The researchers also found that children who are prenatally exposed to opiates had a mild
developmental delay in the psychomotor system [37]. Minnes et al. [32] reviewed literature on potential
impacts of prenatal opiate exposure and found a clear association between opiate exposure and anxiety,
aggression, feelings of rejection, disruptive or inattentive behavior in babies. Recently, Conradt et al.
reviewed the current literature to determine the short- and long-term neurodevelopmental outcomes
of children with prenatal opioid exposure [38]. They also observed the symptoms in neonates as
stated above. In addition, they showed that prenatal methadone or heroin exposure was associated
with impaired mental, language, neuromotor, and psychomotor development. However, some of the
studies they reviewed failed to account for important confounding variables or include a control group
of unexposed children [38]. Lower IQ scores, differences in neurologic performance and language
performance during elementary school education was also reported in the children exposed to opioids
in utero. An increase in attention deficit hyperactivity disorder was observed in the children exposed
to heroin in utero [33]. Children exposed to opioids prenatally also showed significantly lower
visual–motor and perceptual performance scores [38].

These associations between in utero drug exposure and birth defects underscore the importance
of understanding the mechanisms by which different opioids and marijuana ingredients cause birth
defects. Different animal models are used to study the connections and mechanisms of opioid or
marijuana use and specific birth defects [39].

5. Zebrafish: A Model System to Study the Effect of Marijuana and Opioid on Development
and Behavior

Zebrafish is an outstanding model system to study vertebrate development. It is increasingly
becoming a popular model to study the effects of exposure to different compounds during development
because of its various advantages compared to the avian or mammalian systems [40–46]. It is easy to
expose externally fertilized embryos to different drugs and to monitor their effects on development
in transparent embryos. The developmental processes, genes, and regulatory networks are highly
conserved between zebrafish and human. The zebrafish has been extensively used to study congenital
defects including heart, eye, and neurodevelopmental defects caused by alcohol exposure [47–54]
or the exposure to different environmental toxicants during development [43]. The zebrafish
studies can dissect cellular and molecular changes during early embryogenesis (gastrulation) due
to alcohol exposure [49,51]. Although the zebrafish brain is much simpler than a mammalian
brain, it has a homologous organization, similar cellular morphology, and neurochemistry with
mammals. Zebrafish larvae and adults have increasingly been used to study the nervous system,
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brain disorders, including disorders due to abuse of drugs seen in complex behaviors. Kalueff et al.
wrote a comprehensive review showing striking similarities between zebrafish and mammalian brain
biology and neurochemistry [55]. Zebrafish display anxiety, stress, and mood disorders, like other
vertebrates [55,56]. Behaviors such as environment exploration, preference for light/dark environments,
bottom-dwelling, peripheral preference, freezing/immobility, and irregular movements are used to
measure anxiety, stress, and mood [57]. Behavioral phenotypes observed in zebrafish are strikingly
similar to those observed in humans and rodents [55,57]. Thus, major brain disorders can be modeled in
zebrafish in a cost-effective and simple way. As with any animal models in biomedicine, zebrafish have
limitations and cannot fully recapitulate complex human brain disorders. Furthermore, some brain
regions are less evolved than in mammals (e.g., the cerebral cortex) [57]. While some features,
like neural physiology complexity, have been studied in less detail in zebrafish than mammalian
models; the simplicity of the zebrafish model combined with genetic and genomic knowledge makes it
attractive and useful [57].

5.1. Zebrafish Endocannabinoid Biology: A Gene-Level Comparison with Human

The human endocannabinoid system (eCBs) is composed of a set of cannabinoid receptors (mainly
CNR1 and CNR2), endogenous cannabinoid ligands (2-arachidonoylglycerol, 2-AG; anandamide,
AEA), different enzymes responsible for biosynthesis of cannabinoids (e.g., diacylglycerol lipase,
DAGLa and DAGLb; ab-hydrolase domain containing 4, ABHD4; N-acyl phosphatidylethanolamine
phospholipase D, NAPE-PLD; Glycerophosphodiester phosphodiesterase 1, GDE1) and degradation of
cannabinoids (e.g., ab-hydrolase domain containing 6b, ABHD6B; fatty acid amide hydrolase families,
FAAH and FAAH2A; monoglyceride lipase, MGLL) [58,59]. Unlike invertebrates, the eCB system is
highly conserved between zebrafish and mammals, including humans. The zebrafish contain orthologs
of all human cannabinoid signaling genes except N-acylethanolamine acid amidase gene [40,58,59].
Another difference is that zebrafish have two homologs for each of the four human genes FAAH2,
PTGS2, TRPA1, and PPARA. Zebrafish Cnr1 and Cnr2 share 75% and 46% identity with their human
counterparts [40,58].

An extensive body of research on the expression and the functions of zebrafish eCB genes
are summarized in recent reviews [40,45,58,59]. During development, the expression of zebrafish
cannabinoid receptor 1 (cnr1) was first detected in the pre-optic area as early as 1 day post fertilization
(dpf). At the later larval stage, cnr1 expression was detected in different parts of the brain, including
the telencephalon, hypothalamus, tegmentum, and anterior hindbrain. Examining the expression in
adult zebrafish brain showed a similar expression pattern [58,60–62]. Francesca et. al. detected high
level cannabinoid receptor 2 (cnr2) mRNA expression as early as 4 hours post fertilization (hpf) [58].
The expression was reduced by 12 hpf and then went up again. In adults, cnr2 mRNA was detected in
gills, heart, intestine, muscle, spleen, and central nervous system [63].

The mRNAs encoding dagla and daglb, enzymes involved in the biosynthesis of the most abundant
endocannabinoid 2-AG, were first detected during the early cleavage period suggesting that these
mRNAs were maternally transmitted [58]. However, dagla and daglb were not detected during
gastrulation and somitogenesis but detected again after 1 dpf [58]. In situ hybridization showed
the expression of dagla throughout the anterior and posterior hindbrain at 2 dpf [62]. The mRNA
expression of nape-pld, abdh4, and gde1, gene encoding enzymes involved in the synthesis of AEA,
showed similar pattern as dagl genes. These genes also appeared to be maternally transmitted and
were degraded during the pre-gastrulation period [58]. Francesca et. al. examined the expression until
4 dpf and showed that the zygotic expression begins around somitogenesis, which persisted at all time
points that they examined [58].

The mRNAs encoding 2-AG degrading enzymes, mgll, and abhd6a were detected at low levels
during early embryogenesis through organogenesis [58]. The 2-AG degrading enzyme abhd12 was
maternally transmitted, and its expression was high during early embryogenesis. The expression
of abhd12 was detected at all stages tested, until 4 dpf [58]. The mRNAs encoding proteins Faah
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and Faah2a, enzymes that degrade AEA, were detected at 1 hpf embryos, suggesting that those
genes were maternally transmitted [58]. Zygotic transcripts were detected from 1 dpf until 4 dpf,
the stages tested [58]. Table 1 summarizes the expression patterns of the zebrafish endocannabinoid
signaling genes.

Table 1. Expression patterns of the zebrafish endocannabinoid signaling genes.

Gene Name
Maternal Deposition

(Detected by RT-PCR)
First Zygotic Expression
(Detected by RT-PCR)

Expressions in the Tissue (Detected
by in situ Hybridization)

cannabinoid receptor 1
(cnr1) yes [58] 1 dpf [58]

pre-optic area at 30 hpf;
telencephalon, diencephalon,

and midbrain at 50 hpf;
olfactory bulb, midbrain, endoderm

and liver at 72 and 96 hpf

cannabinoid receptor 2
(cnr2) yes [58] 4 hpf * [58]

developing central nervous system at
24, and 48 hpf [64];

developing central nervous system,
endoderm and liver at 72 and

96 hpf [64]

diacylglycerol lipase 1a
(dagla)

yes (low expression)
[58] 4 hpf * [58]

whole organism at 5–9 somite [65];
cranial ganglion, hindbrain,

hypothalamus, midbrain, tegmentum,
telencephalon at 48 hpf [62]

diacylglycerol lipase 1b
(daglb)

yes (high expression)
[58] 4 hpf * [58] no in situ data at the

embryo/larval stage

N-acyl phosphatidyl-
ethanolamine

phospholipase d
(napepld)

yes (low expression)
[58] 4 hpf * [58] whole organism from 5 somite to

4 dpf [65]

ab-hydrolase domain
containing 4 (abhd4)

yes (high expression)
[58] 4 hpf * [58] whole organism from 1 cell to 4 dpf

[65,66],

Glycerophospho-diester
phosphodiesterase 1

(gde1)

yes (high expression)
[58] 4 hpf * [58] basal level expression throughout the

body at 1 cell to pec-fin stage [66].

ab-hydrolase domain
containing 6a (abhd6a)

yes (low expression)
[58] 24 hpf [58] no in situ data available

ab-hydrolase domain
containing 6b (abhd6b)

yes (moderate
expression) [57] 72 hpf [58] no in situ data available

ab-hydrolase domain
containing 12 (abhd12)

yes (high expression)
[57] 4 hpf [58] brain, gill, neuromast at 5dpf [67]

fatty acid amide
hydrolase family (faah) yes [57] 24 hpf [58] intestinal bulb, liver at long-pec to

4 dpf [68]

fatty acid amide
hydrolase family 2a

(faah2a)
yes [58] 24 hpf [58] intestinal bulb, liver at long-pec to

4 dpf [66,68]

fatty acid amide
hydrolase family 2a

(faah2a)
yes [68] 3 hpf intestinal bulb, liver at long-pec to

4 dpf [68]

monoglyceride lipase
(mgll) no [58] 4 hpf [58]

whole organism at 5–9 somite [65]
brain, eye, pectoral fin, pronephric

duct, pharynx at stages 26 somite to
long-pec [65,69].

* the expression level varies at different developmental stages and peaks at different times.

Receptor-binding assays were done to examine if typical cannabinoid ligands for mammalian
receptors can similarly bind to the zebrafish eCB receptors [70,71]. The study using the zebrafish brain
homogenates and radiolabelled cannabinoid showed that a few typical cannabinoids did not fully
recognize the cannabinoid-binding sites in zebrafish brain, but HU-210, WIN55212-2 and CP55940
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bind to zebrafish eCB receptors very well. The affinity of the cannabinoids was determined as
HU-210 >WIN55212-2 > CP55940 >anandamide [58,59,70]. Connors et al. showed that radiolabeled
WIN55212-2 binds to the hypothalamus, optic tectum, and telencephalon targets in adult zebrafish
brain sections [58,71].

The interactions of zebrafish receptors with those synthetic cannabinoids and the similarity in
expression of zebrafish eCB genes with mammalian cannabinoid (CB) genes suggest that zebrafish CB
signaling may serve the same function as mammalian CB signaling [59], and hence, zebrafish are a
potentially useful model to study the effects of cannabinoid abuse on development and behavior.

5.2. Zebrafish Opioid Biology—Why the Zebrafish Is a Useful System to Study the Effects of Opioids

The human opioid signaling system consists of primarily three classical opioid receptors: the
mu-opioid receptor (MORP), the kappa-opioid receptor (KORP), and the delta-opioid receptor (DORP).
The fourth opioid receptor is nociception receptor (NOP). The NOP system is considered to be a part
of the opioid system, although it produces antiopioid actions depending on the region in which it is
expressed in the brain. These receptors are activated by endogenous ligands ß-endorphin (MORP
ligand), dynorphin (KORP ligand), enkephalin and deltorphin (DORP ligand), nociceptin/orphanin
FQ (N/OFQ) (NOP ligand) that result in physiological effects including analgesia, dysphoria, water
diuresis, and antipruritic effects [40,45]. These ligands are derived from precursor compounds that are
produced by the genes POMC, PENK, PDYN, and PNOC.

All four opioid receptors, the mu-opioid receptor, the kappa-opioid receptor, the delta-opioid
receptor, and the nociception receptors are present in zebrafish [40,45]. Zebrafish have single homologs
(oprm1, oprk1, oprl1) for three of the human opioid receptor genes, but the gene encoding delta-opioid
receptor has a pair of homologs oprd1a and oprd1b [40,45]. Zebrafish and human opioid receptor genes
and proteins share an average of 72% (range: 64%–77%) and of 87% (range: 77%–100%) identity,
respectively [40,45]. Zebrafish has single homolog for pdyn but two copies of pomc, penk, and pnoc
homologs [40,45]. The expression analyses of zebrafish opioid receptor genes showed that all opioid
receptor genes are expressed during the first day of development, although opkr1 expression is very
low [45,72]. Robust expression of oprm1 starts as early as 3 hpf, but high levels of oprd1a and oprd1b
were detected first at 22 hpf [45,72]. The levels of expression for these receptors vary during different
developmental stages, peaking at different times. The transcripts encoding NOP (oprl1) was detected
at 0.5 hpf, which suggests that it is deposited maternally. Its expression was detected throughout
embryonic development [73]. The expression of oprk1 was first detected at 48 hpf [45].

In situ hybridization detected wide expressions of opmr1 and opd1b in multiple CNS structures,
including the telencephalon, epiphysis, diencephalon, midbrain, isthmus, cerebellum, pretectum,
and hindbrain at 24 hpf, although the opd1b expression was weaker than opmr1 [45,72]. Additional
expression of opd1b was detected in the myotomes and spinal cord [72]. The expression patterns of
these genes were more defined and at different CNS structures at 48 hpf [45,72]. The localization
of oprd1a was detected in the telencephalon, epiphysis, pretectum, and cerebellum at 24 hpf and
the hindbrain, spinal cord, and tegmentum at 30–36 hpf [45,72]. Table 2 summarizes the expression
patterns of the zebrafish opioid signaling genes.

In general, the opioid receptors in zebrafish have analogous, conserved functions and
pharmacological properties when compared to mammalian proteins, but there are differences in
ligand selectivity between species caused by evolutionary changes of their receptor sequences [82].
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Table 2. Expression patterns of the zebrafish opioid signaling genes.

Gene Name
Maternal Deposition

(Detected by RT-PCR)
First Zygotic Expression
(Detected by RT-PCR)

Expressions in the Tissue (Detected
by in situ Hybridization)

mu-opioid receptor
(oprm1) yes [72] 3 hpf * [45,72]

telencephalon, epiphysis,
diencephalon, midbrain, isthmus,

cerebellum, pretectum, and hindbrain
at 24 hpf; tegmentum, hypophysis,
otic vesicle, and pectoral flipper at

48 hpf [45,72]

kappa-opioid receptor
(oprk1) yes (low expression) [65] 3 hpf [45,72] no in situ data of the developing

stages available

delta-opioid receptor
(oprd1a)

yes (moderate
expression) [65] 3 hpf [45,72]

whole organism at tail-bud stage [74];
telencephalon, epiphysis, pretectum,
and cerebellum at 24 hpf; hindbrain,

spinal cord, and tegmentum at
30–36 hpf [45,72]

delta-opioid receptor
(oprd1b)

Yes (moderate
expression) [65] 3 hpf [45,72]

whole organism at tail-bud stage [74];
telencephalon, epiphysis,

diencephalon, midbrain, isthmus,
cerebellum, pretectum, hindbrain,

myotomes and spinal cord at 24 hpf
[45,72]

nociception receptor
(oprl1) yes [73] 3 hpf [73]

diencephalon, hindbrain, midbrain,
pretectum, telencephalon at 24 hpf

[72]

prodynorphin (pdyn) no data available no data available hypothalamus, lateral region at
2 dpfhindbrain, neuron at 5 dpf

proopiomelanocortin a
(pomca) yes [75] shield [75]

whole organism at 64 cell [76];
Pituitary, hypothalamus at 2–5 dpf

[77,78]

proopiomelanocortin b
(pomcb) no data available no data available preoptic area at 3 dpf [78]

proenkephalin a
(penka) no data available no data available

diencephalon, epiphysis, dorsal
telencephalon subpopulation of

dorsal spinal cord neurons at
22–25 somite, 30–42 hpf [66]; central
nervous system, retina at 5 dpf [66]

proenkephalin b
(penkb) no data available no data available

dorsal posterior midbrain,
diencephalon, spinal cord, posterior

pronephric ducts at 22–25 somite,
30–42 hpf, and additionally hindbrain

at 60 hpf [66]

prepronociceptin a
(pnoca) no data available no data available alpha pancreatic cells at 30 hpf [79],

posterior pancreatic bud at 2 dpf [79]

prepronociceptin b
(pnocb) no data available no data available

neurogenic field, preplacodal
ectoderm at bud to 1–4 somites [80];

brain at 5 dpf [81]

* the expression level varies at different developmental stages and peaks at different times.

5.3. Zebrafish Studies on Effects of Embryonic Cannabinoid Exposure on Development

Given the embryonic expression of genes involved in eCB signaling including cannabinoid
receptors, it is imperative to understand how modulation of the endocannabinoid system during
embryonic development affects the morphology and the behavior of the fish. In the last three decades,
several studies were done using zebrafish mutants and transgenic lines (deficient or overexpressed
receptors), morpholinos, and the treatment of agonists or antagonists of the receptors. Those studies
help decipher the roles of cannabinoid signaling in addiction, anxiety, immune system, energy
homeostasis, food intake, learning and memory, and embryo development. The results of those studies
were summarized in recent reviews [40,58]. Here we are emphasizing the most recent zebrafish studies
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that examined the effects of embryonic cannabinoid exposure on development, which shed light on
the consequences of disrupting normal eCB signaling on the formation of different cell types, tissues,
and organs. Endogenous cannabinoids (2-AG and AEA), synthetic cannabinoids, and cannabinoid
antagonists were used in these studies (Table 3).

Table 3. Cannabinoid signaling modulators used in zebrafish studies and the treatment period
during development.

Compound Target Concentration Treatment Period

Δ9-Tetrahydro-cannabinol
(THC) CNR1/2 agonist

2–10 mg/L [83]
1–16 μM

(0.3–5.0 mg/L) [84]
6 mg/L [85]

1 ppm–10 ppm [86]

5.25–10.75 hpf
2–96 hpf

5.25–10.75 hpf
blastula-24 hpf

Cannabidiol (CBD) CNR1/2 agonist
1–4 mg/L [83]

0.25–4 μM
(0.07–1.25 mg/L) [84]

5.25–10.75 hpf
2–96 hpf

2-Arachidonoyl-glycerol
(2-AG) Endogenous CB 5 μM [87] 18–24, 30–36,

or 30–96 hpf

Anandamide (AEA) Endogenous CB 5 μM [87] 18–24, 30–36,
or 30–96 hpf

O2545 CNR1/2 agonist 5 μM [87] 12–30 hpf

Arachidonyl-2’-
chloroethylamide

(ACEA)
CNR1 agonist 5 μM [87] 5.25–6.25, 8–10, 24–27 hpf

AM1241 CNR2 agonist 5–10 μM [87] 18–24, 30–36, 30–96 hpf

JWH015 CNR2 agonist JW 5–10 μM [87] 12–30 hpf

WIN55,212-2 CNR1 agonist 1 nM–1 μM [88] 0–72, 0–96 hpf

AM251 CNR1 antagonist 100 nM–5 μM [88];
10 nM, 20 nM [89] 0–72, 0–96 hpf

Rimonabant
(SR141716A) CNR1 antagonist 1 nM–1 μM [88] 0–72, 0–96 hpf

AM630 CNR2 antagonist 5–10 μM [87] 18–24, 30–38, 30–48,
30–96 hpf

Alteration of CB signaling during embryonic development has profound effects on the survival
and hatching of zebrafish embryos. Ahmed et al. exposed the embryos to either psychoactive or
non-psychoactive ingredients of marijuana (THC: 2–10 mg/L diluted from a stock solution of 1.0 mg/mL
in methanol or CBD: 1–4 mg/L diluted from a stock solution of 1.0 mg/mL in methanol) during
gastrulation between 5.25 hpf to 10.75 hpf [83]. Brief exposure to THC or CBD during gastrulation,
only for a period of 5 1

2 h, significantly reduced the hatching rate of the larvae at 3 dpf. CBD was more
potent in decreasing hatching than THC. CBD reduced the hatching to zero at the highest concentration
tested [83]. The same treatment regimens of THC or CBD significantly reduced the survival rate of
the larvae in a dose-dependent way. Like its effect on hatching, CBD exposure exerted more severe
effects on survival, causing the death of more larvae [83]. Willett and her group employed waterborne
exposure to CBD and THC by dissolving THC (0.3–5.0 mg/L) or CBD (0.07–1.25 mg/L) in 0.05% DMSO
and validated their assay by measuring the water concentration and tissue bio-concentration of the
drugs [84]. The actual THC concentrations in water at the start of exposure were between 64% and
88% of the expected concentrations, which declined to 16–32% of the initial concentration after 96 h
of exposure, and actual CBD concentrations were only 33–40% of the expected concentrations that
decreased to 0–3% of the initial concentration after 96 h of exposure [84]. At the end of the exposure,
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they measured the concentrations of the drugs in larvae and detected 0.28 mg/g of THC or 79 mg/g
of CBD after a nominal 0.3 mg/mL of THC or CBD exposure. The embryos treated with higher
concentrations of either THC or CBD from 2 to 96 hpf produced embryonic lethality [84]. The lethality
by Δ9-THC exposure was observed and published as early as 1975, showing that exposure to 5 ppm or
10 ppm Δ9-THC from late blastula stage to 24 hpf led to the death of the larvae after 24 h [86].

The effects of specific CNR1 ligands showed different results to THC and CBD exposure. THC
and CBD interact with both CNR1 and CNR2 receptors (THC binds to both types of receptors and
CBD modifies the receptors’ ability to bind to cannabinoids). Continuous exposure to different CNR1
receptor ligands WIN55,212-2 (1 nM-1 μM), AM251 (100 nM-5 μM) or rimonabant (SR141716A:1
nM-1 μM) at various concentrations from 0–72 hpf or 0–96 hpf, without the replacement of solution
for the entire exposure period, did not impact hatching [88]. Although the highest concentration of
WIN55,212-2 (1 μM; CNR1 agonist) caused complete embryonic lethality, lower concentrations had no
impact on the survival of the embryos. Exposure to CNR1 antagonists AM251 or rimonabant also did
not change the survival rate [88]. In another study, Migliarini et. al. showed that continuous exposure
to AM251 at concentrations of 10 and 20 nM reduced hatching rates [89]. These studies suggest that
modulating the cannabinoid system, specially CNR2 mediated cannabinoid signaling, even for a brief
period during early development leads to lethality.

Short exposure to the THC (2–10 mg/L) or CBD (1–4 mg/L) during gastrulation causes many
morphological changes in the embryos. The exposure caused deformities in the trunk including
short body, curved tails, and blebbing at the tip of the tail. Higher exposure concentrations produced
more severe deformities [83]. Waterborne exposure to THC (0.3–2.5 mg/L) or CBD (0.07–1.25 mg/L)
from 2 to 96 hpf caused short and deformed body axis and bent distal trunk [84]. In fact, similar
morphological anomalies were reported when embryos were exposed to 1–10 ppm Δ9-THC from the
blastula stage until 24 hpf [86]. The morphology of the larvae was observed until 9 dpf. The lowest
concentration of Δ9-THC (1 ppm) did not change the morphology of the larvae, but exposure to
2 ppm caused distal trunk anomalies that included a curved spine or bulbous-tipped tail [86]. On the
other hand, continuous exposure to CNR1 antagonist AM251 (10 or 20 nM in ethanol) did not cause
any distinguishable morphological changes [89]. These results indicate that cannabinoid signaling
mediated by CNR2 receptor is active in the distal trunk during early development and blocking CNR1
receptor does not alter trunk morphology.

Early exposure to exogenous cannabinoids had negative effects on the heart rate. Exposure to
THC (4–10 mg/L) during gastrulation from 5.25 to 10.75 hpf reduced the heart rate of larvae in a
dose-dependent manner when examined at 2 dpf. The highest concentration of THC reduced the
heart rate to 50% of the untreated control. Similar to THC, CBD exposure (1–4 mg/L CBD) for the
same duration also reduced the heart rate of the larvae at 2 dpf, producing an even greater effect
than that of THC [83]. Waterborne exposure to THC (0.3–2.5 mg/L) or CBD (0.07–1.25 mg/) from 2
to 96 hpf caused pericardial edema. This report also showed that CBD exposure was more potent in
causing pericardial edema than THC, which exerted similar defects at a ten-times lower concentration
than THC. The highest concentrations of both the drugs tested caused pericardial edema in all the
embryos [84].

Chronic exposure to CNR1 agonist ACEA (6 mg/L suspended in ethanol) from 6 to 24 hpf induced
microphthalmia, but a lower concentration of ACEA (3 mg/L) did not. However, when the embryos
were treated with the combinations of 3 mg/L ACEA and 0.5% ethanol, the larvae had smaller eyes,
suggesting a synergistic effect of CNR1 agonist and alcohol on interfering eye development [90].
Binge-like exposure of ACEA (3 and 12 mg/L) on eye development was examined by treating embryos
during key developmental time points including the first hour of gastrulation (5.25–6.25 hpf), transition
from gastrulation to neurulation (8–10 hpf) or during the formation of the five-vesicle brain (24–27 hpf).
Higher concentrations of ACEA exposure at all the stages examined caused microphthalmia. Lower
concentration (3 mg/L) of ACEA alone did not cause microphthalmia, but when treated with ethanol
(1%), ACEA synergized with ethanol to induce microphthalmia. This study highlights the synergistic
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interaction of the CNR1 agonist and alcohol and shows how alcohol exposure exacerbates the defects
caused by ACEA exposure [90]. Smaller eyes were also reported following waterborne exposure
to CBD and THC [84]. These studies demonstrated the effect of prenatal cannabinoid exposure on
eye development.

THC or CBD exposure during gastrulation from 5.25 to 10.75 hpf altered morphology and
innervation patterns of primary and secondary motor neurons [83]. Exposure to CBD (3 mg/L) during
gastrulation reduced the number of axonal branches of primary neurons in 2 dpf embryos, but THC
exposure (6 mg/L) for a similar duration did not cause any change in primary neuron morphology.
Both THC (6 mg/L) and CBD (3 mg/L) exposure exert severe effects on the secondary motor neurons
compared with primary motor neurons. Dorsal, ventral, and lateral motor neuron branching patterns
analyses using fluorescent labels showed undetectable dorsal branches and thinner ventral branches of
secondary motor neurons in embryos treated with either 6 mg/L THC or 3 mg/L CBD. THC exposure
did not alter lateral motor neuron branches, but CBD treatment significantly reduced those branches.
Cannabinoid treatment altered synaptic activity at neuromuscular junctions (NMJs) and altered
nicotinic acetylcholine receptor expression at NMJs [83]. Exposure to 6 mg/L THC during gastrulation,
from 5.25 to 10.75 hpf slightly altered the axon diameter of Mauthner cells (M-cell), the neurons born
during gastrulation and which are involved in escape response movements [85]. The muscle fibers of
those larvae were slightly disorganized with subtle but significant changes in nicotinic acetylcholine
receptor expression patterns [85].

A recent zebrafish study revealed the role of Cnr2 signaling on the production, expansion,
and migration of embryonic hematopoietic stem cells [87]. By using different Cnr1 and Cnr2 signaling
chemical modulators (Table 3) and genetic approaches, the investigators showed that Cnr2, but not Cnr1
regulates embryonic hematopoietic stem cell development. Cnr2-signaling optimizes the production,
expansion, and migration of embryonic hematopoietic stem cells by modulating multiple downstream
signaling pathways [87].

5.4. Zebrafish Studies Examining Effects of Embryonic Opioid Exposure on Development

Although the opioid system is active during early development and evidence shows the association
of in utero opioid exposure and congenital defects in humans, there are only a handful of zebrafish
studies aiming to understand the association between opioid exposure and birth defects. Sanchez-Simon
et al. treated zebrafish embryos with 1, 10, and 100 nM of morphine during three different developmental
periods: 5–24, 5–48 and 5–72 hpf to determine the effects of embryonic morphine exposure on neuronal
fate [91]. They reported that 100 nM caused severe malformation and death in the embryos, while 1 nM
did not produce measurable effects. Chronic exposure to 10 nM of morphine from 5–24 or 5–48 hpf
enhanced cell proliferation and either induced or suppressed neuronal differentiation depending on
neuronal populations. This study also showed that morphine protected motor and Pax-6-positive
neurons against glutamate-induced damage. Interestingly, morphine exposure altered the expression
of the opioid receptor genes [91]. The authors measured the concentration of morphine in the
embryos after chronic exposure (5–24 or 5–48 hpf) and reported that only ~ 5% of the treatment
concentration (10 nm) was present in the embryos [91]. In a later study, the group showed that
morphine exposure caused nestin overexpression and delayed neural stem cell differentiation [92].
Microarray analyses after chronic exposure to 10 nM morphine from 5 to 24 hpf identified alteration
of several genes associated with mu-opioid receptor expression and genes involved in neuronal
development, CNS patterning processes, neuronal differentiation, dopaminergic neurotransmission,
the serotonergic signaling pathway, and glutamatergic neurotransmission [93]. Rodriguez and her
group showed that embryonic exposure to nociceptin altered the temporal and spatial expression
pattern of NOP transcripts at 24 and 48 hpf [73]. Since the opioid system is active during zebrafish
embryonic development, the advantages of the zebrafish model system can be exploited to understand
prenatal opioid exposure effects.
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5.5. Zebrafish Studies Examine Behavioral Defects Associated to Embryonic Exposure to Marijuana or Opioid

Many studies showed that the zebrafish behavioral repertoire changes after they have been exposed
to psychoactive drugs, and those effects can be assayed using various techniques. Basnet et al. [56]
nicely outlined the zebrafish behavior repertoire that can be used in neuropharmacology and reviewed
the current literature on the utility of zebrafish larvae as a behavioral model in neuropharmacology.
Zebrafish larvae show key behaviors like stress and anxiety. Zebrafish larvae are sensitive to different
stimuli such as touch, olfaction, chemosensing, audition, heat, and vision. The zebrafish behavioral
assay repertoire includes thigmotaxis, avoidance, startle response, optokinetic response, optomotor
response, habituation, prey capture, response to predators, sleep/wake behavior, and locomotor
response [56,94,95]. Zebrafish used as models of drug addiction (self-administration and conditioned
place preference), withdrawal, anxiety-like behavior, pain, and cognition after cannabinoid and opioid
exposure was recently reviewed [40], and those studies demonstrate the utility of zebrafish in studying
human physiological conditions after drug exposure. Zebrafish could also be used to screen compounds
with the potential to attenuate the drug effects, like opioid withdrawal syndrome symptoms. Khor et. al.
modeled a morphine-withdrawal situation by treating adult fish continuously with 1.5 mg/L morphine
for two weeks followed by withdrawal for 24 h, and the zebrafish displayed decreased exploratory
behavior, increased erratic movement, elevated cortisol levels, indicating anxiety-related responses
and stress [96]. Mitragynine is an alkaloid found in leaves of Mitragyna speciosa, a plant widely used
by opiate addicts to mitigate the harshness of drug withdrawal. Exposure to mitragynine during
the withdrawal phase attenuated majority of the stress-related swimming behaviors and lowered
the whole-body cortisol level [96]. The authors also showed that mitragynine reduced the mRNA
expression of corticotropin-releasing factor receptors and prodynorphin in zebrafish brain during
the morphine withdrawal phase [96]. This study shows for the first time a possible link between
mitragynine’s ability to attenuate anxiety during opiate withdrawal and provided evidence for the
utilization of the zebrafish to screen compounds for their ability to mitigate drug withdrawal effects.
Together, these studies demonstrate the effectiveness of zebrafish as a model to study drug addiction
and withdrawal.

6. Summary

Marijuana and opioid abuse are serious global health problems, which are more serious in the
United States than most other countries, causing more than half a million deaths in the last two decades.
The use of these drugs by pregnant and reproductive-age women has significantly increased in recent
years. There is strong evidence for the association of prenatal drug exposure and congenital anomalies
(Figure 1), which raises additional serious public health concerns. To combat the growing opioid
overdose crisis, it was declared to be a public health emergency by the White House in 2017 [97].
The CDC outlined different focus areas to fight the drug abuse epidemic, and one of these is to advance
research to better understand the epidemic and identify effective strategies to prevent it [8]. It will be
important to better understand whether different cannabinoids and opioids exposure lead to adverse
outcomes in babies, which would magnify the consequences of drug use in society. A challenge of
evaluating drug exposure and birth defects is the potential contribution of other confounding factors
such as maternal age, prenatal care, prenatal vitamins, diet, and exposure to other teratogens such as
alcohol. For the studies related to developmental delay and cognitive function in babies, it is difficult
to control for environment, nutrition, and socioeconomic factors. Using animal models, the direct
effects of the drugs can be determined independent of other confounding factors.

Zebrafish provide a rapid and inexpensive platform to study the effects of drug exposure during
development. Zebrafish studies showed various developmental defects caused by embryonic exposure
to marijuana components (Figure 1). Those studies also indicated the differential sensitivity of
the exogenous cannabinoids. Although the number of zebrafish studies examining the effects of
different opioids on development is small, the existing evidence also showed developmental defects in
fish. Zebrafish studies showed behavioral effects similar to human drug addiction and withdrawal
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symptoms. Although the human behavior response can never be completely replicated in the zebrafish,
the fish experiments suggest that many drug-induced human and zebrafish phenotypes share common
genetic and physiological factors. Recently, high-throughput zebrafish behavioral screens identified a
novel group of antipsychotics, finazines, and their target, the sigma non-opioid intracellular receptor
1 [98–100]. These studies showed the utility of zebrafish in the discovery of new therapies for psychiatric
disorders. Overall, zebrafish represents an exciting and emerging model to study the effects of drug
exposure on development and could be a useful alternative vertebrate model for translational studies.

 

Figure 1. Schematic representations of drug use/abuse during pregnancy and birth outcomes.
In utero exposure to Δ9-tetrahydrocannabinol (THC), cannabidiol (CBD) or opioids leads to congenital
malformations and behavioral changes in babies. Exposure to cannabinoids or opioids during zebrafish
development produced similar defects in embryos.
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Abstract: The heart is the most important muscular organ of the cardiovascular system, which pumps
blood and circulates, supplying oxygen and nutrients to peripheral tissues. Zebrafish have been
widely explored in cardiotoxicity research. For example, the zebrafish embryo has been used as
a human heart model due to its body transparency, surviving several days without circulation,
and facilitating mutant identification to recapitulate human diseases. On the other hand, adult
zebrafish can exhibit the amazing regenerative heart muscle capacity, while adult mammalian hearts
lack this potential. This review paper offers a brief description of the major methodologies used
to detect zebrafish cardiac rhythm at both embryonic and adult stages. The dynamic pixel change
method was mostly performed for the embryonic stage. Other techniques, such as kymography,
laser confocal microscopy, artificial intelligence, and electrocardiography (ECG) have also been
applied to study heartbeat in zebrafish embryos. Nevertheless, ECG is widely used for heartbeat
detection in adult zebrafish since ECG waveforms’ similarity between zebrafish and humans is
prominent. High-frequency ultrasound imaging (echocardiography) and modern electronic sensor
tag also have been proposed. Despite the fact that each method has its benefits and limitations, it is
proved that zebrafish have become a promising animal model for human cardiovascular disease,
drug pharmaceutical, and toxicological research. Using those tools, we conclude that zebrafish
behaviors as an excellent small animal model to perform real-time monitoring for the developmental
heart process with transparent body appearance, to conduct the in vivo cardiovascular performance
and gene function assays, as well as to perform high-throughput/high content drug screening.

Keywords: zebrafish; cardiac physiology; heart rate; detection method
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1. Why Zebrafish Behavior Is a Good in vivo Model to Address Cardiac Physiology
and Toxicology?

Zebrafish have been widely used as an in vivo model for toxicology evaluation. Toxicity screening
may include information on the potential off-target effects of target compounds on the cardiac
system, central nervous system, intestinal tract, auditory and visual functions, and bone formation.
Cardiotoxicity is one of the major concerns in toxicological studies. It is associated with potential
QT interval prolongation, an indicator of fatal cardiac side effects in the heart’s electric cycle [1].
The use of zebrafish has been reported to be very reliable, describing the potential toxicity of drugs to
the human cardiovascular system [2]. Human cardiovascular disorders have been recapitulated in
zebrafish genetic models [3]. Moreover, numerous human cardiovascular drugs have demonstrated
similar effects on zebrafish physiology. It is reported that humans’ cardiac electrophysiology is more
similar to that in zebrafish than in rodents [4]. A previous study has shown that more than 95%
of drugs that induce QT prolongation in humans have similar effects in zebrafish [5]. Effects of
chemicals on zebrafish cardiac development have been reported in a study by Incardona et al. [6],
Transient changes in zebrafish cardiac conduction have been observed after exposure to Polycyclic
Aromatic Hydrocarbons (PAHs), which are pollutants in the aquatic environment. The result shows no
effect on the initial stages of cardiac loop formation. However, significant changes occur after loop
formation, including the development of cardiac valves, formation of trabeculae, and the thickening of
the ventricular myocardium. Additionally, biological characteristics, ease of genetic manipulation,
facilitation of chemical screening, and genetic similarity to humans are features that contributed to
zebrafish as a versatile animal model for cardiovascular research. Previously, zebrafish have been
generated to study lipid metabolism and hypercholesteremia, major risk factors for cardiovascular
disease [3]. Furthermore, Chen et al. reported mutations in zebrafish, useful for in-depth cardiac
development research [7]. These advantages make zebrafish a suitable animal model for cardiac
physiology and toxicity studies.

Zebrafish’s hearts consists of two chambers, an atrium, and a ventricle, which has a similar
pumping mechanism to mammals’ hearts in cellular and molecular levels [8]. These similarities include
the flow of the blood from sinus venosus into an atrium; the blood moves through the ventricle to
the aorta as controlled and directed by the heart valves; has specialized endocardium musculature
that drives a high-pressure system; the regulation of heart rhythm controlled by electrical current that
flows through the heart, causing the muscles to contract and blood pumped out; and a pacemaker that
discharged the electrical current determines the heart rate [9]. Moreover, the zebrafish heart rate was
reported at 140–180 bpm, where it is much closer to the human fetal heart rate (130–170 bpm), which is
far slower compared to mouse heart rate (300–600 bpm) [10].

As a human cardiovascular disease model, adult zebrafish can be applied to study damage
of myocardial tissue caused by prolonged ischemia and hypoxia, which is typical of myocardial
infarction and a leading cause of heart failure. Adult zebrafish hearts regenerate, while adult
mammalian hearts do not. Adult zebrafish are reported to have the robust regenerative ability in the
heart muscle [11]. They can regenerate their ventricles without having a visible scar when surgical
amputated or cryo-injured. Moreover, both atrium and ventricle can regenerate in response to genetic
cardiomyocyte ablation, even if the ablation is widespread enough to initially cause clinical heart
failure [12]. The cardiovascular system is also linked to the zebrafish swimming stamina. Generally,
there are a 20 to 50 beats per minute increase in heart rate associated with swimming activity as early
as day 5, suggesting that neural or hormonal mechanisms required for heart rate acceleration are
functional in early development. Alteration in the heart rate is closely related to the cardiac output.
A lower heart rate could reflect lower cardiac output for any given swimming speed in the high stamina
group, where this phenomenon could be comparable to athletes [13].
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2. Overview of Embryo Cardiac Rhythm Detection

Zebrafish embryos have been widely used to understand heart development and physiology, due to
their body transparency, small body size, high fecundity, rapid developmental process, and similar
heart structures as humans. These are some features that help scientists to understand the mechanisms
in mammals [14]. In addition to transparency, small body size and high fecundity make embryonic
zebrafish a fitting animal model in a high throughput heart rate assay. The assay scored 229 (95%) heart
rates out of 240 arrayed embryos per 96-well plates, and the heart rates were scored accurately [15].
Other advantages of using zebrafish embryo are the ease of genetic manipulation which can also
facilitate identification of the function of human mutations [16] and its ability to survive for several
days (4–5 days) without active circulation, providing enough time to study the defects and to dissect
cellular and molecular mechanisms [10]. Zebrafish heart development can be traced back to 5 h
post-fertilization (hpf) during which cardiac progenitor cells were originated. These cells will migrate
to reside in the posterior half of the anterior lateral plate mesoderm (ALPM) during the gastrulation
process at 15 hpf. At 24 hpf, heart tube will form and initiate cardiac contraction [17]. Finally, the heart
loop from the right-sided ventricle and left-sided atrium can be observed at 48 hpf, although major
heart structures have been formed, the heart is still immature and lacking functions for supporting
future growth [16]. Regarding this information, zebrafish embryo at 48 hpf can be used to see the
whole heartbeat frequency and early-stage chemical treatment as early as 3 hpf can be performed to
observe developmental effects [10].

There are several methods to assess cardiac functions in zebrafish embryos, including the manual
counting from slow-motion replay in the video, micro pressure systems, microscope techniques,
and electrocardiogram devices. However, using electrocardiographic signals in a zebrafish embryo
requires precise positioning of the electrodes to obtain reproducible signals [18]. Kang et al. found
outthat counting heartbeats manually was more unreliable as there is a high possibility of biased results
due to individual error, which measures the variation between repeated experiments by an individual,
and from the crowd error, which measures the variation between different operators, even when the
counting was done by trained individuals [19]. Gaur et al. [20] also reported the manual counting
method. Three independent researchers counted the heartbeat from 10-second length video and,
validation was also performed by exposing the zebrafish embryo to Isoproterenol, a well-known
beta-adrenergic agonist, which increases heart rate. Their results showed that manual counting is
unreliable and may lead to inaccurate data due to the variably experienced researchers.

In overcoming the drawback of manual analysis, several approaches have been developed
to monitor cardiac function in zebrafish, such as automated and semi-automated based on
computer-controlled, image-based heartbeat detection techniques. Fink et al. [21] and Ocorr et al. [22]
outlined a semi-automatic technique of analyzing heartbeats based on the variation of intensity
changes over a set of pixels selected by a manually provided threshold, and by stacking a manually
selected vertical slice containing the ventricular wall. Other research manually selected the Region
of Interest (ROI) before performing an automatic method of characterizing the cardiac function
in zebrafish embryos [23]. On the other hand, for the sake of time efficiency, automatic counting
was then developed [18,21,24–26]. The development of automated algorithms for estimating heart
rate in zebrafish larvae begins with the automatic determination of a suitable ROI and heart rate
calculation [25]. Comparison of previously published method to detect cardiac rhythm in zebrafish
larvae can be found in Table 1.
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3. Commercial or Third-Party Software

Normally, heart rate assays in zebrafish embryo are performed on one embryo per video/imaging
field [9,27]. The high-throughput method from multiple zebrafish embryos per imaging field was
established [32]. FisHRateZ, a LabVIEW-based program, can measure the heart rate of multiple
zebrafish embryo per imaging field. By utilizing an algorithm to locate the heart automatically
and derive average pixel intensity vs. time, data were generated from each embryo’s cardiac cycle.
FisHRateZ increases the throughput and reliability of the cardiotoxicity screening method. This method
is the first approach to detect and place ROI on multiple zebrafish up to five embryones/well. However,
the algorithm is unable to assign precise ROIs on overlapping embryos. Therefore, this study suggests
that analysis might provide better results with two embryones/well [32]. Another commercial software
is MetaXpress. It is a high content image analysis software that uses interactive semi-automated
journal scripts to isolate the region of interest and quantify heart rate, circulation, pericardial area,
and intersegmental vessel area. Moreover, a fully automated journal script has been used to quantify
body length. The main principle of MetaXpress is to detect the heart rate based on intensity
variation [33]. SoftEdge Myocyte Cell Length Acquisition Module, developed by IonOptix Corporation
(https://www.ionoptix.com/), provides an edge-detection system to evaluate systolic and diastolic
by using automatic video. The edge detection is based on either image intensity or the derivative
of image intensity. The software analyzes each video image and treats the crossing of the threshold
values as the edge location [35]. RvVisualPulse software developed by Zgenebio and RasVector
Technology in Taiwan (https://www.zgenebio.com.tw), can simultaneously track the cardiac rhythm in
both atrium and ventricle. This software’s basic principle is also based on dynamic pixel change and
very convenient for potential arrhythmia detection in zebrafish. Another two third-party software
called MicroZebraLab from Viewpoint company (http://www.viewpoint.fr/en/home) and DanioScope
from Nodules company (https://www.noldus.com/danioscope) also can be used for cardiac rhythm
measurement with the advantages of easy operation.

4. Dynamic Pixel Changes Method

Matlab is one of the software commonly used to measure heart rate in zebrafish
embryo [18,21,24–26]. Detection and quantification of movement can be performed by algorithms
written in Matlab. The Frame Brightness Algorithm tracks changes in average light intensity of each
frame combined with a Changing Pixel Intensity Algorithm to detect movement by comparing the
intensity changes in individual pixels from one frame to the next. During heart contraction, frame
brightness decreases in correspondence to darker pixels. As the heart muscle contracts, the cell
membrane becomes more concentrated and obscures more of the transmitted light [21]. A similar
approach also has been taken by other researchers [24–26]. However, the Matlab programs were too
complicated for researchers who did not have a computer programing language background.

To overcome the scriptwriting requirement, the open-source software of ImageJ, initially developed
by the National Institutes of Health (USA), is a public domain, Java-based image processing program [36].
The ImageJ platform is adaptable with no requirement of scriptwriting to execute the program. Similar to
Matlab’s approach, the cardiac rhythm measurement method is based on the dynamic pixel changes in
the heart region. Sampurna et al. [9] proposed an image-based method that did not require transgenic
fish or expensive instruments to detect heart rate. Only a conventional dissecting microscope and
a less expensive charged-coupled device (CCD) were needed. The highest peak rhythm represented
the greatest abundance of red blood cells pumped out of the heart chamber is defined as a contraction
(systolic phase). On the other hand, the lowest peak rhythm represented the greatest abundance of red
blood cells, which filled the heart chamber and was defined as relaxation (diastolic phase). In previous
studies, zebrafish heartbeat calculations mainly focused on the whole heartbeat. The atrium and
ventricle beating rhythm was not studied in detail. In the method proposed by Sampurna et al. [9],
the potential drugs for atrioventricular blockage could be studied in detail by the image-based method.
However, this ImageJ-based method performed manual counting, which involved multiple steps
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before obtaining cardiac function. Gaur et al. [20] combined ImageJ with an algorithm written in
Microsoft Excel and an online Google spreadsheet. Instead of using Origin Pro software to calculate the
heartbeat from the dynamic pixel pattern, the algorithm could be used in smoothening raw heartbeat
data, and automatic peak detection to avoid unambiguous peak detection [20].

5. Indirect Measurement from Blood Vessels

The heartbeat in zebrafish embryos could be detected indirectly from its blood cells. Shuk Han
Cheng’s team at the University of Hong Kong described a non-invasive technique that integrated
digital motion analysis and power spectral analysis to determine heart rate and heartbeat regularity in
peripheral blood vessels. Pulsatile movement of blood cells was observed in the caudal vasculature of
zebrafish embryos. A waveform of dynamic pixels can visualize the posterior cardinal vein (PCV) and
blood vessels’ oscillatory movement. The heart rate was determined by digital motion analysis and
power spectral analysis by extractingthe cardiac rhythm’s frequency characteristics. This study showed
that the program could also detect the changes in the variation of heart rate in zebrafish embryos
after exposure to Terfenadine, a known QT-prolonging drug [34]. Heartbeat regularity is an essential
parameter for cardiac function and is associated with cardiotoxicity in human beings.

On the other hand, another study proved that the heart rhythm calculation from blood flow
velocity could be done using the ImageJ-based method [27]. The dorsal aorta (DA) vessels are directly
connected to the heart chamber, making the DA regional blood flow pattern following the ventricle’s
pumping. Similar to the previous study, the calculation is based on pixel intensity change. The principle
of pixel intensity change is based on the cell numbers and differences in the degree of an object affected
by speed. During heart pumping, in the DA, the highest peak of blood flow pattern represents the
systolic phase, where the dynamic pixel change intensity would be higher, and a higher peak rhythm
is formed. On the other hand, at low blood flow velocity, a lower peak rhythm is formed. The study
found that the time interval of blood flow patterns to be in agreement with heart rate. Heart rate
measurement could also be done indirectly based on the recorded blood flow video. However, heart
rate measurement calculated from blood flow patterns may lead to biased results [27]. According to
Grimm and colleagues (1996), the variability of heartbeat interval could be determined not only from
ECG but also from the blood pressure. Their results showed that waveform data derived from the
blood pressure was consistent with the data from ECG [37].

6. Kymograph-Based Method

Kymograph is a two-dimension (2D) plot containing time and space information created from
time-lapse images of the region of interest. It can quantify the movement velocity and trajectory of
the objects. In measuring velocities based upon kymographs, the moving object’s path has to be
marked [38]. A kymograph is generated from the fluorescence intensity, presented along the segmented
line (x-axis) over time (y-axis). Diagonal lines in kymograph demonstrate moving objects over time,
and ventricle lines illustrate stationary objects [39]. In zebrafish, a kymograph was used to quantify
heart rhythm. The results of kymograph-based quantification of the cardiac cycle could illustrate
bradycardia effect and irregular heart rhythm in Islet-1(isl1) mutant zebrafish embryo, as the distance
between two dotted lines encompassing a full cardiac cycle is much longer in the mutant than in the
sibling [40]. Other research used kymograph to record the frog’s myocardial activity [41].

Kymographs have long been used for visualizing intracellular motion. Kymographs can be
generated from a time-lapse image sequence using image analysis software, such as MetaMorph
(Molecular Devices), NIS-Elements (Nikon), and ImageJ (NIH). By using the ImageJ, the kymographs
can be plotted, smoothened, and quantified using the Smoothed Plot Profile and Find Peaks tools
provided in the BAR Plugin [42]. The advantage of a kymograph is time-lapse data compressed
onto a single image allowing visualization of the motion. For another, the human eye is very good
at picking outlines, even in substantial noise. With kymographs’ help, it can be much easier to see
how many moving particles are present [43]. Freely available kymograph software has been used to
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visualize live primary cilia dynamics using fluorescence microscopy and in quantitative measurements
of intraflagellar transport (IFT) movement within cells [43,44]. Thus far, the implementation was
limited in zebrafish and other aquatic animals. Studies on cardiac rhythm detection by using the
kymography method can be explored in the future.

7. Laser Confocal Scan Method

A laser-scanning confocal microscope is a sensitive and precise tool for measuring cardiovascular
changes in the zebrafish embryo. It is also reported that the measurements are similar to those obtained
with Doppler echocardiography [45]. A previous study reported that the heart rate evaluation in
transgenic larvae could be obtained from sequential images acquired by a resonant laser scanning
confocal microscope. The heart region extracted was based on fluorescence (red/green), and was
processed further by morphological operations, based on the threshold values [18]. Another technique,
called laser-scanning velocimetry, provided continuous blood cell velocity measurement necessary
for estimating cardiac output and other cardiovascular function parameters. Line scans are images
constructed with laser-scanning microscopy by repeatedly imaging one pixel-wide line. When the scan
line is placed across a vessel, either perpendicular or parallel to blood flow, the resulting line scan image
contains information about circulation dynamics. The continuity of velocity information provided by
laser-scanning velocimetry makes it possible to measure blood acceleration and deceleration, which are
similar parameters that are attainable using Doppler echocardiography [45]. However, this method
is only applicable to transgenic embryos with fluorescence-labeled blood cells and requires costly
instrumental settings.

8. AI Deep Learning-Based Method

Integrating artificial intelligence (AI) into cardiovascular research shows optimistic promise in
generating quantitative diagnostic for clinical implementation. AI integration is not a simple transition
since machines replace humans. However, AI could help researchers and clinicians to make better
decisions. AI can integrate complex omics data with additional layers of information, including
imaging and electronic health data, to provide accurate information and quantitatively analyze large
data sets, which would not be feasible manually [46]. Several effective automated heartbeat detection
methods have been developed to reduce the workload for larva heartbeat analysis. A previous study
utilized a deep learning platform, called Cardiac Functional Imaging Network (CFIN) to design
automatic and rapidly segment atrial and ventricular boundaries in live zebrafish embryo hearts
and utilize data to calculate other cardiac function parameters. This aspect of CFIN was built in
Matlab’s underlying architecture of the deep convolutional encoder-decoder SegNet. As a result,
CFIN is capable of detecting elevation in cardiac output and sensitivity over fractional shortening.
This method was shown to be a powerful new tool to accurately measure heart function in a vertebrate
model organism [30]. Custom Matlab-based software, called FishInspector, was created to detect
morphological features in zebrafish embryos automatically. The zebrafish heart, as the region of interest
(ROI), is identified by comparing the absolute difference in pixel intensity between two consecutive
frames. However, this method depends heavily on image quality (camera and microscope settings,
resolution, contrast, intensity) [47]. Another automatic method, Zebrafish Heart Rate Automatic
Method (Z-HRAM), was developed to detect and track the heartbeats of immobilized, ventrally
positioned zebrafish larvae without direct heart observation. This method is well suited for the analysis
of low resolution and low-frequency image data. Z-HRAM focused on detecting the body deformation,
and computation of the pixel-wise motion images of all images in the video recording to associate
zebrafish body deformation frequency with the heartbeat. Heartbeats detected from Z-HRAM were
shown to correlate reliably with those determined through corresponding electrocardiogram and
manual video inspection. However, Z-HRAM is currently limited to the detection of heart rate and
beat-to-beat intervals [31].
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In a deep-learning-based method, training was necessary to demonstrate consistency with the
overall assessment and compensate for the automated image analysis [47]. Xing et al. [31], conducted
training at a variable learning rate beginning at 0.1, which was reduced by a factor of five every
two epochs. Using these parameters, they observed an increase in accuracy and decreased in function
for both the training and cross-validation datasets, which were consistent with successful training.

9. Electrocardiography Method (ECG)

The optimization of ECG detection in early stage zebrafish larvae has been demonstrated in its
utility and detecting the effect of QT-prolonging. Anesthetized zebrafish embryos were transferred to
paraffin wax. The glass micropipette was then positioned on the skin surface between the ventricle
and atrium with no penetration. As early as 2 dpf (days post-fertilization) of zebrafish could be used
for ECG measurements, as the compound action potentials have been generated, and effective cardiac
conduction are already present [48]. Electrical Potential Sensing (EPS) technology was established
to record in vivo electrocardiogram activity from the heart of the zebrafish embryo at 3 dpf and
5 dpf. This method does not require complex post-processing tools, and importantly, the embryo is
maintained alive. The EPS sensor uses a metallic titanium (Ti) based central electrode coated with
a titanium dioxide (TiO2) film/membrane acting as a dielectric [49]. Nonetheless, ECG methods were
considered challenging to record heartbeat in zebrafish embryo due to its small size [18]. Moreover,
the requirement of using expensive specialized devices and software has kept it inaccessible to
many scientists.

10. Overview of Adult Cardiac Rhythm Detection

The cardiac rhythm detection method in adult zebrafish (2–3 months old) is more complicated
than techniques applicable to the embryonic stage due to a loss of transparency and dependence on
anesthetic drugs. In aquatic toxicity studies, the cardiovascular function has been an indicator of
changes in the physical condition of health or stress in response to an environment [50]. Zebrafish is
an excellent model for its sensitivity to drug treatment. It can reveal a decreased in heart rate concerning
the human ether-a-go-go gene (hERG) channel blockade, allowing for drug testing. Moreover, zebrafish
also provide an efficient genetic approach to reveal the genetic basis underlying molecular mechanisms
of numerous heart diseases [51]. It could be a robust human cardiac electrophysiology model since its
heart rate, and action potential morphology are similar, although some differences are apparent [52].
Moreover, adult zebrafish exhibit the amazing regenerative capacity of heart muscle [11], thus making
zebrafish a promising model to study cardiovascular disease in humans.

Advanced imaging techniques are required to measure all facets of cardiac function in adult
zebrafish. Electrocardiogram (ECG) is a standard diagnostic tool to detect cardiovascular disease in
humans. The body surface ECG recording of adult zebrafish was first developed in 2006 by Milan et al. at
the Cardiovascular Research Center, Boston, MA, USA [53], followed by several modifications made in
the methods of ECG recording in zebrafish. ECG waveforms present a distinct P wave, QRS complex,
and T wave. It is reported that the waveform in adult zebrafish is comparable with the waveform
presents in humans [54]. High-frequency ultrasound imaging has been proposed as a suitable tool for
achieving high-resolution imaging of adult zebrafish tissue structures [55]. The use of echocardiography
with a high frequency (50–70 MHz) probe can allow for high resolution, real-time, non-invasive imaging
to examine many cardiac structure parameters and function [52]. Magnetic Resonance Imaging (MRI) is
also well-established for imaging adult zebrafish as a cardiovascular disease animal model. This method
could provide three dimensional (3D) live images to depict the embryonic heart developmental processes
in zebrafish and the injury recovery of adult zebrafish skin. However, due to the small size of zebrafish,
a high-resolution micro-imaging magnet was required [56,57]. Modern electronic sensor tags were
recently established to collect high-resolution data on the movement and physiology of zebrafish.
The loggers were surgically inserted into the fish, close to the heart. The application of the loggers
is considered difficult or even challenging due to the minuscule scale surgical procedure. Moreover,
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it may cause stress on the fish. New cordless heart rate bio-loggers were introduced to provide easier
tag-deployment and surgery, hence reducing stress for the fish [58,59]. With all the methods mentioned,
the advantage of using aquatic creatures like fish is that they can be easily accommodated in a smaller
space. Nonetheless, at the same time, the smaller size restricts the researcher from performing several
activities, unlike other vertebrates, which allow manipulation with ease [60]. Summary of cardiac
rhythm detection method in larvae and adult zebrafish can be found in Figure 1 and the comparison
beetwen previously published methods to detect cardiac rhythm in adult zebrafish can be found
in Table 2.

Figure 1. Summary of different methods used to measure cardiac rhythm in either embryo (upper
red panel) or adult (bottom green panel) zebrafish. Several methods based on either dynamic pixel
change or kymograph are proposed in the embryonic stage of zebrafish. Some commercial third-party
software is also available for cardiac rhythm measurement. In adult zebrafish, some instruments like
Electrocardiography (ECG), Echocardiography (Echo), and Magnetic Resonance Imaging (MRI) can be
used for cardiac rhythm measurement.
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11. ECG-Based Detection Methods

Electrocardiogram (ECG), including up to five embryones/well, has become the most extensively
used non-invasive diagnostic tool for evaluating cardiac diseases. Measurement of ECG intervals is
considered one of the most important and gold standard techniques because ECG interval provides
an indirect assessment of the heart’s state and can be indicative of certain cardiac conditions. So far,
ECG has been an excellent way to record the heartbeat in adult zebrafish with less harm to the fish.
The results were also proved to be very accurate without a requirement for additional reading and
formula [66]. In ECG, three components are crucial for detection: T wave, P wave, and the QRS complex.
The P wave represents the depolarization of the atrium; QRS complex represents depolarization of the
ventricle, and the T wave, represents the repolarization of the ventricle [67]. In addition, the QT interval
is the most important time interval in the ECG waveform, defined as the time from the upstroke of
the QRS complex to the end of the T wave. This interval represents the duration of the ventricle’s
electrical activity (depolarization and repolarization) in a given heartbeat. The reported QT intervals
of adult zebrafish in previous studies ranged from 250 ms to 600 ms with multiform ECG signals [54].
The overall ECG waveform can be seen in Figure 1. In establishing the authenticity of ECG signals
in fish, several different recordings were taken. A study by Haverkamp et al. [68] showed that the
average heart rate of the zebrafish is around 148 beats per minute; the QRS interval recorded was
44 ± 3 ms. The average PR interval was about 62 ms, and the RR interval was around 469 ms. Lastly,
the QT interval recorded was 269 ± 60 ms. The results were consistent with the past ECG systems and
paved the way for more complex types of ECG experiments.

Leor-Librach et al. [69] developed a computerized system for the controlled increase of heart
rate by Isoproterenol based on a modified proportional-integral controller. Previous references and
protocols were used to carry out some important steps for developing a pharmacodynamic model for
model-based, adaptive control systems, and as a part of larger cardiovascular models [69]. In optimizing
the adult zebrafish ECG method for assessing drug-induced QTc prolongation, specific procedures
using the histamine receptor antagonist, Terfenadine as a test drug, were carried out for ECG recording
in the adult zebrafish. The fish were anesthetized and mounted in a wet sponge, so thatthe upper
side could be easily analyzed. The sponge had been cut into a triangle to preventing the water from
infiltrating the gill. The scales which cover the heart were removed; thus the electrode could penetrate
the skin vividly [63]. The dermis peeling on the chest significantly enhanced signal recording from the
muscle layer on the chest. In addition, opening the pericardial sac further enhanced the ECG signal’s
surface without changes to the electrophysiology [54]. The experiment’s region of interest was below
the fishes’ fins, and it was constantly monitored through a microscope. The electrode responsible for
recording the ECG signal was carefully inserted without damaging any tissue or muscle. The positive
needle electrode was inserted between the pectoral fins. The negative electrode was placed in two-third
of the body length down from the head and positioned near the anal region or reproductive cavity.
Another grounding electrode, used as a reference electrode, was placed at the sponge’s left corner.
The penetration depth of the needle electrodes was about 1–1.5 mm [63]. The pectoral electrode was
constantly moved so that a stronger P wave, T wave, and QRS complex were clearly detected and
recorded accurately. The timing of the experiment depended on the objectives and the response time
for the ECG recording.

There are several limitations in the ECG acquisition systems as only a short period can be recorded,
and it requires the use of an anesthetized animal [70,71]. Notably, the anesthetics could only sedate the
fish for about 30 m, after which, it is needed to be transferred to a recovery tank [69]. These two factors
could lead to the inconsistency of results. The appropriate type of anesthetic drugs and a precise
dose should be carefully chosen to avoid unreliable results. The ECG is only suitable for manual
measurement of fish, one at a time, which is another limitation when screening multiple fish. Moreover,
long-term ECG monitoring with repeated experiments will stress zebrafish, and weak ECG signals
generated [51].
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T-wave is the most significant ECG wave that shows the cardiac cycle’s repolarization from beat
to beat. ECG acquisition method improved with the development of microelectrode array (MEA)
membranes that can provide an appropriate signal-to-noise ratio (SNR) with complete P wave features,
QRS complex, and T-wave. This method has recorded ECG signals that exhibit a clear difference
between injured heart muscle ECG and normal heart ECG reading [72]. The additional limitation for
ECG recordings in adult zebrafish is in the application of drug discovery where the dosage of the drug
could not be determined precisely, making the data difficult to interpret. Differences in acclimatization
and flow rate of oral perfusion may differ significantly between various laboratories, adding the result’s
high variances [63].

The lack of well-defined diagnostic parameters for specific-disease patterns is one of the big
challenges in doing ECG recording. This makes the traditional methods of algorithmic identification
even harder to do. Despite this, a trained eye can identify abnormal features, even when an algorithm
fails. Therefore, the new current methods which make use of machine learning were proposed for
ECG waveforms. In recent studies, computational analysis on surface ECG recording and Deep Neural
Network (DNN) achieved much more accuracy in detecting the premature ventricular contractions than
Artificial Neural Network (ANN). It has been established that ANN shows accurate results in small
datasets, and both of the ECG analysis tools are based on Image processing techniques. Zebrafish ECG
images can be transformed in Matlab software to the digitized values as in Human ECG. Most of the
experiments performed on awake zebrafish compared to anesthetized fish and artifacts dominated the
raw signals. Moreover, the noise was removed by using Wavelet transform [51].

11.1. Noise Interfaces for ECG

The ECG recording methods used in adult zebrafish showed similar noise interference as in
human ECG recording. However, the high noise level inherent in the signal is an essential challenge
to identify ECG recording in adult zebrafish. The noise sourced could be influenced by the power
line artifact, electrode contact noise, and muscle movement [73]. A protocol has been proposed for
noise-free signals propagation and obtaining raw ECG signals without any data preprocessing as
a wavelet transform. Thus, making the characteristic peaks of the P wave, QRS Complex, and T-wave
easily identifiable [54].

The significance of the conventional method used in practice in ECG recording of adult zebrafish
has been incorporated with of ECG analysis efficiency using an electrophysiology software package.
ECG recording in zebrafish has a high-frequency ECG signal, which varies in a range of 50 Hz power
line interference. The components are having low frequency exhibit muscle and movement artifacts.
It has been demonstrated that pericardial sac with the dermis and silvery affect the ECG recording of
adult zebrafish as zebrafish dermis is densely composed with a pack of collagen fibers [74].

EZ-Instrument Technology Co, Taiwan, has developed a simple ECG kit for teaching and research
to make the extent of recording in zebrafish easy and simple. The zebrafish ECG kit comprises
an integrated signal receiver and amplifier with the software package used for data processing.
The specialized electrodes were also designed for anesthetized adult zebrafish. The design of three
needlepoint electrode probes is comprised of the pectoral, abdominal, and grounding electrodes [56].
In reducing the noise in an aqueous environment, insulating paint was used on the electrodes’ surface
with a harbored stainless-steel needle. The area of signal detection was defined to 1 to 1.5 mm on
the head of the needle. The tail of the needle was welded with the connecting wire having a 3-pole
auxiliary connector cluster. Zebrafish ECG recording by this method exhibited two micromanipulators
that hold the pectoral and abdominal needles and a computer system with the software package for
the analysis [75].

It must be noted that the background noise was more pronounced in adults than the optically
transparent embryos. Therefore, appropriate normalization and validation of data may be required for
comparative purposes. Acclimatization for 16 h in a recirculation system then 2 h of acclimatization
in a semi-static tank used to immobilize the fish before recording ECG was found to be the best
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acclimatization time to produce consistent ECG signal. Regular, stable, reproducible, and noise-free
ECG with nearly similar R–R intervals were considered consistent ECG [63]. Grounded Faraday
cage was commonly used in some methods to minimize the background noise [48,51,63,76]. On the
other hand, in a previous study, background noise was effectively reduced by applying the optimum
signal threshold and Savitzky-Golay smoothing. The Savitzky–Golay algorithm also allows unbiased
smoothing and real-time data calculation without a need for noise statistics [61].

11.2. Comparison of Human ECG with Zebrafish ECG and Application for Toxicity Assessment

Similar to humans’ experience, the different placement of the electrode in adult zebrafish ECGs is
thought to account for the variations in T wave morphology and amplitude between different fish.
Liu et al. [54] recorded a zebrafish ECG in the presence of hyperkalemia and found the similarity with
human ECG during hyperkalemia. They also investigated the change in ventricular repolarization
during heart regeneration in an amputation and cryoinjury model and a zebrafish mutant as a human
long QT syndrome model. Moreover, in the context of the cardiac action potential in zebrafish,
ECG shows similarity with the human cardiac action potential [76]. The anatomy of human ECG and
zebrafish is shown in Figure 2.

Figure 2. The Electrocardiography (ECG) waveform in adult zebrafish. (A) The waveform analysis
of ECG. (B) Tachycardia (upper panel), normal (middle panel), and bradycardia (lower panel) heart
pattern was shown according to a previous publication [73].

In adult zebrafish, the technique of needle electrodes is used with the anesthetic model
incorporated [76,77]. Anesthetic drugs are commonly used in animal model assay before the experiment
is conducted. However, anesthetic drugs were reported to affect the adult zebrafish’s circulatory
system and cardiac physiology. A previous study has reported that MS-222 could induce bradycardia.
However, isoproterenol, other anesthetic drugs, could increase the heart rate of the fish. The injection
of MS-222 caused a heart rate reduction from 160 to 130 beats per minute in one minute. Afterward,
injection with isoproterenol has increased the heart rate from 130 to 155 beats per minute. Therefore,
the combinational effect of those two anesthetic drugs was studied, and less heart rate alteration was
observed. Afterward, in 10 minutes, the heart rate dropped to 64 beats per minute after exposure with
MS-222. On the other hand, the heart rate only dropped from 148 to 131 bpm after exposure to MS-222
and Isoflurane combination. In addition, most of the zebrafish in the MS-222 treated group did not
recover after sedation. This result suggested that a combination of anesthetic drugs is safer for sedating
the zebrafish [68].
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Aftereffect of different anesthetic drugs could be observed using the ECG system. A new approach
by using other drugs was then performed to see the alteration on cardiovascular performances.
Isoproterenol, the agonist of the beta-adrenergic, an amine analog of adrenaline [78], has been widely
used for pharmaceutical purposes and has been prescribed to people who have bradycardia [48], as it
is known to increase the heart rate of patients. In fish, it is reported that the result was dose-dependent.
A dose of 5μM of the drug caused an increment of heart rate by 1.25-fold. However, in low concentration,
0.5 μM, the recorded heart rate could only increase by 1.04-fold [79].

On the other hand, Mousavi and the colleagues used a recording chamber with a high-resolution
camera mounted on the underside coupled with automated recording, heart detection, movement
correction, and advanced noise reduction algorithms could allow monitoring the heart rate of swimming
fish in real-time without the need for anesthesia [61]. Lauridsen et al.’s findings also supported this
study, demonstrating the possibility of measuring heart rate without masking its frequencies even
with rapid fish movements [80].

12. Light-Cardiogram Methods

Although the body-surface ECG recording method has been proposed in adult zebrafish,
it remained inaccessible to other scientists due to the expensive specialized devices and software,
low signal-to-noise ratio. In addition, electrode placement’s subjectivity often requires specialist
expertise and not readily transferable to other laboratories for routine assessment [81]. Mousavi and
Patil established a simple, non-invasive, and inexpensive light-cardiogram technique to assess heart
rate and frequency in adult zebrafish. A Bright-field microscope equipped with a high-resolution
camera and ImageJ software was used for recording and processing. Collectively, the technique can
measure heartbeats and record relative cardiac outputs and compare differences between physiological
states (e.g., sexes). Isosceles triangle, as the region of interests (ROI), was placed between opercula
and the perpendicular ventral midline. The dynamic pixel change method from ImageJ software
was used for heartbeat measurement. The cardiograms generated reverse light signal oscillations.
Contraction decreased average brightness within the corresponding ROI; conversely, relaxation
increased average brightness. The heartbeat detected by this method was 120 bpm (male 122.58 ± 2.15
and female 121.37 ± 2.63 beats/min), as it is comparable with ECG recording [61]. The approach could
be amenable to automation and applicable to other fish species.

13. Echocardiography-Based Detection Methods

Echocardiography, which makes use of ultrasound imaging method, has recently been explored
to capture the heart image of adult zebrafish. The ultrasound energy is applied to the body through
a transducer with piezo-electric transmit and receive ultrasound crystals [82]. A conventional ultrasound
imaging device at 8.5 MHz was used to image adult zebrafish hearts [55]. Single-element transducers,
a 30-MHz high-frequency ultrasound array system with duplex imaging, were used to measure
adult zebrafish hearts and blood flow velocities. Recently, a dual-pulsed wave Doppler imaging
method that acquired both spectral and tissue Doppler waveforms simultaneously was developed to
enable real-time measurement of the functional change during heart regeneration and adult cardiac
structure zebrafish [64]. Most clinical ultrasound scanners can acquire B-mode (brightness) images,
M-mode (motion) images, and Doppler (velocity) images. In B-mode imaging, a 2D sector scan is
used to create an image where pixel brightness in the image is proportional to the received echo
signal’s strength. In M-mode imaging, a 2D image is formed where one image axis is the transducer’s
distance, and the other axis is time. As with B-mode, pixel intensities in the M-mode image are
proportional to the received echo signal’s strength. M-mode images can be used to track myocardial
wall and valve motion. Doppler imaging uses the frequency shift in the received signal to estimate
the velocity of ultrasound scatters. Doppler imaging can measure wall and valve motion and assess
blood flow through the arteries and heart [82]. In a previous study, two-chamber B-mode images
were used to obtain cardiac functional parameters measurement in adult zebrafish, such as stroke
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volume (SV), ejection fraction (EF), fractional shortening (FS), and cardiac output (CO). Ordinarily,
in clinical echocardiography, an image captured from the parasternal short-axis in M-mode would be
the most accurate, thus measurement of fractional shortening is the best choice. However, the small
size of the zebrafish’s heart (~1.5 mm) makes the M-mode image not easily obtainable [52]. However,
other research showed that M-mode imaging was used to analyze the blood flow and tissue motion
velocity within the ventricle [55]. High-frequency echocardiography (HFE) has recently allowed the
study of cardiac rates in adult zebrafish in 6–9 months old with a body length of ≥20 mm. Nevertheless,
the image quality was sex-dependent. The adult female zebrafish often was compromised compared
to males due to gravidity in females [65].

14. Magnetic Resonance Imaging (MRI)

Echocardiography is an inexpensive and widely available technique, but it usually provides only
one- or two-dimensional information and is limited to morphological and functional investigations.
CT (Computed Tomography) can provide excellent spatial resolution, but relies on ionizing radiation
and the application of dedicated stains to achieve soft-tissue contrast. On the other hand, MRI is
a well-established clinical diagnostic imaging as it provides multi-parametric information on the heart
radiation-free and non-invasively. MRI also is frequently used for in vivo imaging in non-aquatic animal
models of cardiovascular disease, including small (e.g., rodents) and large (e.g., sheep, pigs) mammals.
Previously, in vivo MRI has been applied to image early developmental stages of frog embryos [56].
The small size of adult zebrafish and optically non-transparent bodies has been challenging to imagine
at sufficient resolution. MRM (Magnetic Resonance Microscopy) is established with the same principle
as MRI but produces images with a higher resolution because it uses stronger magnetic field gradients
(200–1000 mT/m) and specialized radio frequency (RF) coils. Combining high-resolution MRM with
3D image reconstruction makes possible image acquisition of a live adult fish non-invasively, which is
impossible using other imaging techniques [57].

Another study by Koth et al. [56] combined cutting-edge technical developments in MRI, novel data
processing approaches, and 3D-printing for resolving minimal changes in vivo during zebrafish heart
regeneration. To validate the method, they used investigated uninjured, sham-injured, cryo-injured,
and resection-injured Tg(hsp70l:dnfgfr1-EGFP) transgenic fish which can be conditionally activated
dominant-negative fgfr1 signaling after heat shock treatment. They were able to scan live adult
zebrafish under anesthesia and physiological conditions for several hours and with a 100% recovery
rate. Thus, they were able to image the same fish repeatedly during the repair process.

The limitation of this method is the small size of zebrafish, in which additional precautions and
high-resolution micro-imaging magnet are required to get a good resolution. It has limited space for
a flow-through chamber for imaging. The small flow-through chamber cannot support the high water
flow, which is needed if noise from surrounding water is to be avoided. Furthermore, zebrafish cannot
tolerate a high flow of water. The experimental time should be kept as short as possible since the
zebrafish has a relatively low tolerance to anesthetic [57].

15. Remote Monitoring Methods

Cardiovascular performances in big fish could also be performed by remote monitoring [58,59].
Modern electronic sensor tags (Bio-loggers) can collect high-resolution data on movement and
physiological fish. Electronic sensor tags measure depth, temperature, fluorescence, heart rate,
swimming speed, stroke frequency, heat flux, muscle oxygen, acceleration, and many other parameters.
Some of these parameters can be used to quantify feeding events and predator-prey interactions.
Bio-loggers are often used to measure cardiac performance in big fish. The loggers were surgically
inserted into the fish, where the heart’s location provided substantially higher data quality than when
the logger was positioned in the fish belly [58]. However, the loggers’ application is considered difficult
due to the surgical operation; the cord-based bio-electrodes are invasive and may increase stress to the
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fish [83]. Recently, new cordless heart rate bio-loggers, which are easier to the implant, were introduced
on the market to provide easier tag-deployment and surgery while inducing less stress for the fish [58].

Bio-logging and bio-telemetric devices were commonly used to study stress physiology.
The alteration of heart rate and other cardiovascular variables, mostly affected by behavioral responses
and environmental perturbations, has been widely used to determine and quantify acute stress
responses of fish. Another early physiological indicator of stress; and potential method for assessing
farmed fish’s welfare is the changes in gastrointestinal blood flow (GBF). GBF is known to decrease
dramatically in fish in response to acute stress, as blood flow is prioritized for oxygen demanding
organs and muscle tissues. A previous study has positioned bio-loggers within the abdominal cavity.
GBF was measured from the coeliac mesenteric artery, the first caudal branch of the dorsal aorta that
divides progressively to supply the stomach, intestine, liver, and gonads [59]. The major disadvantage
of bio-logger is the requirement of invasive surgery, as precise placement of tags is required to have
high featured data. Generally, when studying fish in the wild, there is a need to recapture the fish to
collect the data [84]. Nevertheless, this method is still applicableto big fish, and the application on
zebrafish remains unexplored.

16. Conclusions

This is the first review of recent and advanced cardiac rhythm detection methods in adult and
embryonic stages of zebrafish (methods are summarized in Figure 1. All the proposed methods
in detecting heart rate in zebrafish have some advantages and limitations. The heartbeat detection
in the zebrafish embryo was mostly performed by a dynamic pixel change method. This method
could be performed by open source and user-friendly software, Image-J, or automatically common
software Matlab. A laser-scanning confocal microscope is another approach that has been proved
to be a sensitive and precision tool for measuring cardiovascular changes in the zebrafish embryo.
However, this method is only applicable for transgenic embryos, and it requires costly equipment.
While electrocardiography (ECG) is not easy to be conducted in zebrafish embryos, it has been widely
used as a gold standard method for the heartbeat and cardiac rhythm detection in adult zebrafish.
It is reported that the waveform in adult zebrafish is comparable with the waveform presents in
humans. High-frequency ultrasound imaging has also been proposed as a suitable tool for acquiring
high-resolution imaging of adult zebrafish tissue structures. Modern electronic sensor tags were
established to collect high-resolution data on movement and physiological fish. The loggers were
surgically inserted into the fish, close to the heart. However, it is considered difficult due to the surgical
procedure and might cause stress on the fish. In conclusion, the cardiac rhythm can be measured at
either embryonic or adult zebrafish by utilizing the methods mentioned above. However, the embryonic
stage can be better to study cardiovascular function due to its body transparency, independent of
anesthetic drugs, facilitate high-throughput heart assay, can be used to detect heart developmental
process, and the ability to survive for several days without circulation. The methodology to perform
heartbeat and other cardiovascular function parameters can be chosen based on each laboratory
capacity. Overall, zebrafish have proven a promising research model for human cardiovascular
diseases, pharmaceutical, and toxicological research.
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Abstract: Regeneration is defined as the ability to regrow an organ or a tissue destroyed by degen-
eration or injury. Many human degenerative diseases and pathologies, currently incurable, could
be cured if functional tissues or cells could be restored. Unfortunately, humans and more generally
mammals have limited regenerative capabilities, capacities that are even further declining with age,
contrary to simpler organisms. Initially thought to be lost during evolution, several studies have
revealed that regenerative mechanisms are still present in mammals but are latent and thus they
could be stimulated. To do so there is a pressing need to identify the fundamental mechanisms of
regeneration in species able to efficiently regenerate. Thanks to its ability to regenerate most of its
organs and tissues, the zebrafish has become a powerful model organism in regenerative biology and
has recently engendered a number of studies attesting the validity of awakening the regenerative
potential in mammals. In this review we highlight studies, particularly in the liver, pancreas, retina,
heart, brain and spinal cord, which have identified conserved regenerative molecular events that
proved to be beneficial to restore murine and even human cells and which helped clarify the real
clinical translation potential of zebrafish research to mammals.

Keywords: zebrafish; regeneration; mammal; liver; pancreas; heart; retina; brain; spinal cord

1. Introduction

Humankind has been fascinated with regeneration abilities since the times of the
Ancient Greece. In Greek mythology, one of the labors of Hercules was to kill the Hydra,
which is able to regrow two heads when one is ablated. In another myth, Prometheus’
liver is renewed every night. However, it was only in the late seventeenth century that
scholars paid formal attention to regeneration. Abraham Trembley became a pioneer in
this field with his work on fresh water polyps. He described that after cutting a polyp in
pieces, each of them was able to regrow an entire organism. He named the polyp “hydra”
for its regenerative capacities. After that, regenerative biology had a major influence in
the history of biological sciences as it contributed to legitimize biology as an experimental
discipline rather than a descriptive science [1].

In recent decades, new technologies such as imaging, genetic engineering and stem
cells have enabled the development of regenerative biology, which laid the foundation of a
new branch of medicine, i.e., regenerative medicine. Many human diseases and pathologies
such as diabetes, Alzheimer’s disease, blindness, heart failure or spine injuries, today
incurable, could be cured if functional tissues or cells could be restored by regeneration.
However, humans, and more generally mammals, possess limited regenerative capabilities,
capacities that even further decline with age. In contrast, invertebrates and phylogenetically
primitive vertebrates are able to regenerate full tissues after injury. Even though species
with strong regenerative capacities are non-uniformly widespread across the phylogenetic
tree, simpler organisms generally perform better in this respect [2]. For this reason, it has
been assumed that regenerative potential has been lost during evolution. However, in the
last years, several studies have revealed that regenerative mechanisms are still present
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in mammals but are latent or dormant, and thus it would be possible to stimulate them.
This is why elucidating the regenerative mechanisms in competent species is important to
permanently cure patients.

Classical models of regeneration are found in invertebrate and vertebrate phylum
such as the hydra, planarian, drosophila, zebrafish, axolotl and newt. First exploited to study
embryonic development, the zebrafish became in the last 40 years a powerful model
organism for deciphering regenerative mechanisms [3]. In 2013, the keyword “regeneration”
was the 20th most frequently used in publications using zebrafish [4]. Its success is also due
to its fast and external development, the abundant number of eggs and its transparency in
the first development stages, making easier the observation of organs and live imaging.
Recent technologies, such as CRISPR/Cas9 and TALENs to generate mutant or transgenic
lines [5] and high throughput drug screenings [6], have facilitated the study of regeneration
in zebrafish. Moreover, its genome is well characterized: 71.4% of the human genes possess
at least one or two orthologs in zebrafish and 82% of disease-linked genes listed in the
Online Mendelian Inheritance in Man (OMIM) database can be related to at least one
zebrafish orthologue [7]. As it has been shown that most of the studied mechanisms in
zebrafish implicate the same factors as in mammals, the genetic cascades implicated in
a given regenerative process in zebrafish are most likely to be conserved in mammals,
rendering possible their manipulation to stimulate regeneration in mammals.

Here we focused on several organs (the heart, liver, pancreas and central nervous
system) where research performed in zebrafish clearly helped promote regeneration in
murine and human models. These zebrafish studies were selected based on direct evidence
of experimental validation in mammalian models (in the same study or in citing references).
The overview of these studies also contributes to understanding why the response to
tissue damage differs between organs and species and how mechanisms detrimental to
regeneration could be overcome.

2. Awakening the Regenerative Capacity in Different Organs

2.1. The Heart

Unsurprisingly, healthy cardiac function is essential for survival and heart failure re-
mains one of the leading cause of death worldwide [8]. In mammals, even if cardiomyocyte
self-renewal does occur, the annual turnover is low, decreasing from 1% to 0.3% between
20 and 75 years old [9], and it is not sufficient to repair injured hearts. Instead, after a
myocardial infarction, the damaged myocardium is replaced by fibrotic scar tissue, which
tampers cardiac function, ultimately leading to fatal heart failure [10]. By contrast, follow-
ing a 20% ventricular ablation by resection or cryoinjury, the zebrafish fully regenerates
a functional myocardium within a few months without scarring, even at the adult stage
(Table 1) [10–15]. Although this regenerative capacity is also observed in neonatal mice, in
contrast to zebrafish, it is lost after the first week of postnatal life [16].

Using cardiomyocyte lineage tracing systems in adult fish and neonatal mice, regener-
ated cardiomyocytes were shown to derive from dedifferentiation of pre-existing mature
cardiomyocytes followed by proliferation and redifferentiation, rather than from progen-
itor or stem cells [16,17]. The ploidy of cardiomyocytes is one of the major differences
between adult zebrafish and mice. Adult zebrafish cardiomyocytes are mainly diploid
and mononucleated with a high proliferative potential during regeneration [18], whereas
the non-regenerative myocardium of adult rodents and humans is largely composed of
polyploid mono- or binucleated cardiomyocytes [19–21]. Polyploidy has been proposed to
account for the decreased regenerative potential of these species [22].

The RhoGEF Ect2 is required for cytokinesis initiation [23] and its expression in murine
cardiomyocytes decreases during the first week of postnatal life [18] correlating with the
binucleation event and the loss of regenerative ability [16,24]. However, its expression
remains high in zebrafish [18]. Using a transgenic line inhibiting ect2, Gonzalez-Rosa et al.
managed to induce cardiomyocyte polyploidization in zebrafish. After heart injury, they
observed that an excess of 50% of polyploid cardiomyocytes dampens the proliferation
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of remaining cells, and thus the regeneration of the organ, while it induces a persistent
scarring. This highlighted an inverse correlation between the percentage of polyploid
cells and the regeneration ability of the heart [18]. The mobilization of diploid instead of
polyploid cardiomyocytes in mammals, by maintaining the expression of ect2, would offer a
therapeutic alternative to stimulate the proliferation of cardiac cells and heart regeneration.
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In order to identify other mechanisms underlying heart regeneration in adult ze-
brafish and potentially conserved but dormant mechanisms in mammals, Aguirre and
colleagues focused on the microRNAs (miRNAs) differentially regulated after amputation
of the ventricular apex in adult zebrafish [25]. They identified miR99/100 and let-7a/c
that are downregulated during regeneration. These miRs are known to be implicated
in proliferation, chromatin remodeling and morphogenesis, including cardiomyogenesis.
Downregulation of miR99/100 during the cardiac regenerative process in zebrafish allows
a significant de-repression of their targets fntb and smarca5 in cardiomyocytes, associated
with increased cell cycle entry. By contrast, in adult mouse and in human heart tissue,
the expression of miR-99/100 stays high after injury, inhibiting the expression of Fntb
and Smarca5. Silencing of miR99/100 or let-7a/c in isolated primary murine adult car-
diomyocytes or in murine organotypic slices induced cardiomyocyte dedifferentiation and
the acquisition of a proliferative phenotype similar to what was observed in zebrafish.
Similar results were obtained in vivo by intracardiac injection of anti-miR-99/100 and
anti-Let-7a/c in a murine model of myocardial infarction. More importantly, this led to an
improvement of functional heart parameters after 15 days and to the reduction of fibrotic
scarring and of the infarct size compared to scrambled controls. Of note, the dedifferentia-
tion observed after miR99/100 downregulation in mammalian cardiomyocytes is limited
to the mononucleated cells. Either the polyploid cardimoyocytes are able to convert to a
mononucleated state or the mononucleated cardiomyocyte population is more responsive
to the regenerative pathway [25]. It would be interesting to answer this question in order to
find the best strategy to induce cardiomyocyte proliferation in mammals. In conclusion, the
limited cardiac regeneration in mice is at least due to the failure to modulate the miR99/100
and let-7a/c/FNTB and SMARCA5 axis and anti-miR delivery can reactivate this dormant
pathway in mammals [25,49].

In the same way, comparison of gene and miRNA profiling of injured zebrafish and
mouse adult hearts identified miR-26a [50]. miR-26a represses expression of ezh2, a key
component of the polycomb repressive complex involved in the methylation of histone
H3K27 that is implicated in cardiomyocyte proliferation and in the maintenance of cardiac
identity in mice. After ventricular resection in zebrafish, ezh2 expression is induced due to
the downregulation of miR-26a whereas, in the murine heart, miR-26a expression remains
high after injury and maintains inhibition of Ezh2. Knock-down of miR26a in neonatal mice
via injection of anti-miR-26a oligonugleotides increased expression of Ezh2 and augmented
the number of proliferating cardiomyocytes [50].

Together, miR-99/100 and miR-26a are downregulated during the regenerative process
in zebrafish whereas their expression is high in adult mice [25,50]. As their expression
can be inhibited by antagomir therapy in the mammals, miRNAs could constitute clinical
targets to stimulate cardiac regeneration [25,49,50].

Other transcriptomic analyses from adult zebrafish have shown that leptin B (lepB),
a paralog of mammalian leptin, is induced in the regenerating tail fin and heart [51].
By epigenetic profiling, Kang et al. have identified a short sequence upstream the lepB
promoter, called lepb-linked enhancer (LEN), which acquires H3K27ac marks and open
chromatin marks during regeneration [51]. Moreover, the authors showed that LEN can
direct regeneration-activated gene expression not only from lepB but also from different
promoters such as cmlc2 (cardiomyocytes) or α-cry (lens). They exploited this LEN sequence
to overexpress neuregulin 1 (nrg1), known to be implicated in cardiomyocyte proliferation
and regeneration [52], in adult zebrafish via transgenesis using a promoter combining LEN
and the lepB minimal promoter. After ventricular resection, these fish strongly activated
nrg1 expression at the injured area and exacerbated cardiomyocyte proliferation. In contrast,
control fish did not induce expression of nrg1 under the lepB minimal promoter only without
the LEN sequence, showing that LEN can modulate heart regeneration. Even if the LEN
sequence is poorly conserved in mammals, LEN-hsp68::lacZ transgenic mice where the
zebrafish LEN was fused to the murine hsp68 promoter revealed injury-dependent LEN
activity in wounds after heart resection or even digit amputation in neonates [51]. This
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result shows that mammalian gene regulatory networks have the potential to activate
zebrafish LEN enhancer and to enable injury-induced expression in mice [53], suggesting
that similar constructs could be designed to stimulate timely regeneration of different
organs in mammals. It remains to determine whether overexpression of Nrg1, or of other
positive regulators, under the LEN promoter could give similar results.

2.2. The Liver

Despite their poor regenerative capabilities, mammals are able to efficiently regrow
their liver. After partial hepatectomy or mild injury, liver regeneration is mainly achieved
by proliferation of pre-existing hepatocytes. However, this process is impaired after acute
injury or in hepatic chronic diseases such as liver cirrhosis, viral hepatitis and liver cancer.
These diseases are characterized by inflammation, fibrosis and exhaustion of the prolif-
erative potential and finally the death of the hepatocytes. In these situations, activation
and expansion of biliary ductular cells, the so-called “ductular response”, takes place.
Oval cells have been observed in mammals next to these ducts [54] and it has been hy-
pothesized that they could represent liver progenitors deriving from ducts able to restore
hepatocytes. Many rodent models of chronic liver injury have been developed to study
this process (Table 1). One category of models involves hepatotoxins such as ethionine,
CCl4 or N-acetyl-p-aminophenol (APAP), (also called paracetamol or acetaminophen),
which are repeatedly injected or delivered in association with specific pro-inflammatory
diets, causing chronic death of hepatocytes. The second category of models consists of
mutant models (Mdm2, Ctnnb1, Itgb1, p21/Cdkn1a) with impaired hepatocyte proliferation.
Models to study liver regeneration from the ducts usually combine chronic hepatocyte
injury and repression of replication. Previously the subject of controversy, mainly owing
to the diversity of the models, there is now strong evidence that biliary epithelial cells
(BECs), also known as cholangiocytes, are able to dedifferentiate into liver progenitor cells
(LPCs), or oval cells, when hepatocyte-driven regeneration is compromised [30]. These
LPCs are bipotent progenitors able to redifferentiate into BECs or hepatocytes. It is of
utmost clinical importance to identify the molecular regulation of this process, still not
yet fully understood, to improve liver regrowth in chronic hepatic disease patients. This
particular topic has been recently reviewed [55,56].

The zebrafish can efficiently replenish its liver with new hepatocytes through both
hepatocyte-driven (i.e., replication) or BEC-driven regeneration, providing a valuable
model to decipher the mechanisms of both types of liver regeneration. A chemical screen-
ing performed in the zebrafish Tg(fabp10a:CFP-NTR) line, based on nitroreductase (NTR)-
mediated near-total ablation of hepatocytes, pinpointed that the bromodomain and extra-
terminal proteins (BET) are required for BEC-driven regeneration [28]. BETs recognize
lysine acetylation in histones and other transcription factors, thereby positively or nega-
tively regulating transcription. They mediate different steps of BEC-driven regeneration
in zebrafish, BEC dedifferentiation into LPC, proliferation of LPC and redifferentiation
into new hepatocytes and their maturation [28]. In addition, BET proteins also promote
hepatocyte-driven liver regeneration in a zebrafish liver injury model of paracetamol
(APAP) overdose (Table 1) [26]. Importantly, the requirement for BET proteins in both types
of liver regeneration is conserved in mice. In the choline-deficient ethionine-supplemented
CDE-diet mouse model of chronic liver injury that induces BEC-driven regeneration, BET
proteins are required for activation of LPC [28]. In mice after partial hepatectomy, BET
proteins are required for hepatocyte proliferation [26]. These data are of high clinical rele-
vance as the same BET inhibitor, JQ1, has been used in a clinical trial for cancer therapy,
including liver cancer. The authors stressed that, even though such drugs could be bene-
ficial in this specific context, they would also inhibit liver regeneration, thereby limiting
their therapeutic use [26]. Given the importance of BET proteins as epigenetic regulators,
a second chemical screen with a library of compounds targeting epigenetic factors has
been conducted with the same zebrafish NTR-mediated liver ablation model [29]. This
screening identified the histone deacetylase HDAC1 as a potential regulator of BEC-driven
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regeneration. HDAC1 was already known to be involved in liver regeneration in mouse
models of hepatocyte-driven regeneration [57]. Ko et al. 2019 showed that hdac1 regu-
lates LPC differentiation into hepatocytes and BECs during BEC-driven regeneration in
zebrafish [29]. More exactly, the loss of hdac1 impairs LPC differentiation into hepatocytes
by increasing the expression of sox9b, and into BECS via the increased expression of cdk8,
a negative regulator of Notch signaling. Administration of the HDAC1 inhibitor MS-275
to a mouse model of chronic liver injury combining hepatocyte-specific loss of ctnnb1
(β-catenin) and a choline-deficient, methionine-supplemented diet impairs differentiation
of LPCs into hepatocytes [29]. Interestingly, HDAC1 is expressed in liver tissues from
patients with cirrhosis, suggesting a conserved role of Hdac1 from zebrafish to human in
LPC differentiation [29].

Another approach to decipher regenerative molecular mechanisms is the identification
of candidates by RNA sequencing. Using this approach and the zebrafish NTR-mediated
ablation model, the Bone Morphogenetic Protein (BMP) pathway was found to be modu-
lated during liver regeneration [27] and BMP inhibition impaired BEC-driven regeneration.
Based on these findings, BMP2 treatment was shown to increase the differentiation of a
murine liver progenitor cell line into hepatocytes in vitro. To conclude, screenings con-
ducted in zebrafish enabled us to identify mechanisms of both hepatocyte- and BEC-driven
liver regeneration, which seems conserved in mammals.

2.3. The Pancreas

Diabetes is a leading health issue worldwide with an incidence of 1 out of 11 people,
and causes 1.5 million of deaths per year according to the WHO. The disease is characterized
by a dysfunction of blood glucose regulation and various consequent life threatening
health conditions. In type 1 diabetes (T1D) or in late stages of type 2 diabetes (T2D),
the insulin-producing beta cell mass is dramatically decreased, resulting in a lack of
insulin. Besides therapeutic strategies to preserve the beta cell mass and its function and to
improve insulin treatments, beta cell regeneration constitutes a promising alternative to
replenish the pancreas with functional beta cells. This process is extensively studied in mice,
using a model of pancreas injuries. In rodents, the main models of beta cell regeneration
consist of injections of a toxic glucose analogue streptozotocin (STZ), expression of the
diphtheria toxin A (DTA) suicide transgene, and the pancreatic duct ligation (PDL) model
which is characterized by high levels of inflammation in the pancreas but no destruction
of beta cells per se (Table 1). Using these models, mice revealed a certain plasticity of
mammalian pancreatic cells despite the poor regenerative capacity of mammals. Besides
replication of remaining beta cells [58], neogenesis can proceed from alpha cells [40],
delta cells [39] or acinar cells [59]. Duct-associated pancreatic progenitors have also been
proposed [37,38] even though this source is under controversy [35,36]. These studies
underline the importance of the injury model and of age in regeneration efficiency and
cellular origin of new beta cells.

To get new insights into beta cell regeneration and to overcome the limited regen-
eration ability of rodent models, researchers have exploited the zebrafish model. One
of the strategies was to identify pharmacological compounds able to enhance beta cell
proliferation. Several groups performed medium or high-throughput drug screenings
using zebrafish larvae and the inducible NTR-mediated ablation model [31,32,60]. Two
independent studies discovered that drugs stimulating the production of cAMP promote
beta cell regeneration by proliferation. One class of compounds activates the adeno-
sine/cAMP pathway and promotes beta cell proliferation after beta cell ablation [31],
of which the more potent is the 50-N-ethylcarboxamidoadenosine (NECA), an adenosine
agonist activating GPCR signaling. The other study identified the TBK1 and IKKε in-
hibitor (E)-3-(3-phenylbenzo[c]isoxazol-5-yl) acrylic acid (PIAA), which appeared to activate
the cAMP-PKA-mTOR pathway leading to increased beta cell proliferation after abla-
tion [32]. Importantly, both drugs, NECA and PIAA, also increased beta cell proliferation
in mammalian ex vivo models, NECA being validated in mouse islets and PIAA in both
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rat and human islets. NECA and PIAA were also able to enhance beta cell regeneration
in vivo in STZ-treated mice. Moreover, these drugs led to functional improvement by
lowering glycemia in mice [31,32]. By coupling the advantage of assessing the effect of
various compounds on a given phenotype (here beta cell regeneration) with toxicological
assays, the zebrafish allows not only the pinpointing of the adenosine pathway but also the
identification of, among the numerous cAMP modulators, the non-toxic compounds most
promising for further clinical studies. Validations in human models are particularly critical
in the context of beta cell replication as adult human beta cells are extremely resistant to
cell cycle re-entry compared to mice [61]. In addition, beta cell replication is inversely
correlated with functional maturation, thus such a strategy should be used with caution.

Besides beta cell proliferation, other pancreatic cells can give rise to new beta cells.
The glucagon-producing alpha cells are able to transdifferentiate into beta cells in various
mouse models [40], though the regeneration is very slow and low, as well as in the zebrafish
NTR model [34]. After a transcriptomic profiling by microarray of zebrafish islets isolated
during regeneration following NTR-mediated ablation, secreted proteins were selected as
candidate enhancers of beta cell regeneration [33]. One of them, the insulin-like growth
factor (Igf) binding-protein 1 (igfbp1), was shown to increase transdifferentiation of alpha
cells into beta cells when overexpressed by transgenesis, leading to potentiation of beta
cell regeneration and accelerated restoration of normoglycemia. Furthermore, IGFBP1
could also promote alpha cell transdifferentiation in mouse and human islets ex vivo.
Since igfbp1 is known to be repressed by insulin, the study also showed that patients with
insulin resistance have a lower level of IGFBP1 in their blood while those with a high
level of IGFBP1 have a lower risk to develop T2D [33]. In T1D or in late stages of T2D,
when the beta cell mass is reduced, the level of IGFBP1 is elevated due to the lack of
insulin [62]. These observations demonstrate that IGFBP1 could be a potential biomarker
for insulin resistance/diabetes in addition to be a good candidate for beta cell regeneration
in (pre)clinical studies.

Another axis of regeneration is to harness pancreatic progenitors. As endocrine cells
arise from the pancreatic ductal tree during the development, it has been hypothesized that
progenitors could still be associated to the pancreatic ducts in adults. Although beta cell
neogenesis from ducts in the adult is under controversy in mammals [35–38,63], it is well
established in the zebrafish [64–66]. A drug screening performed without regeneration but
in conditions boosting beta cell formation from the ducts in zebrafish larvae, pinpointed
two inhibitors of CDK5, roscovitine and DRF, as enhancers of beta cell differentiation from
ductal-associated progenitors [67]. Inhibition of cdk5 has then been shown to stimulate
regeneration after beta cell ablation. This finding has been validated in mouse embryonic
pancreatic explants, in human iPSCs and in vivo in the PDL mouse model, though glycemia
and glucose tolerance were not improved. To summarize, with one unique zebrafish model
(the NTR-mediated ablation) it was possible to explore beta cell regeneration from different
cellular origins and to identify pharmacological compounds and signaling pathways able
to promote beta cell regeneration in mammals.

2.4. The Central Nervous System (CNS)

The central nervous system (CNS) is composed of two main cell types: neurons and
glial cells. Neuronal cells are the basic functional units of the CNS capable of sensing
and transmitting information via electrochemical pulses. The main roles of glial cells
are to maintain homeostasis and to support and protect neurons. The earliest glial cells
formed during embryonic development are the radial cells. These cells act as neuronal
progenitors and thus give rise to neurons and intermediate progenitors. However, their
neurogenic capacity decreases while they differentiate into star-shaped astrocytes. In the
adult mammalian brain, the neurogenic capacity of the glia is restricted to few specific
regions, called neurogenic niches, where the astroglia can still give rise to a few new
neurons. Some of the astroglial cells in these neurogenic niches are considered as neural
stem cells. Although it is possible to observe star-shaped cells in zebrafish, there are
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no clearly defined astroglial cells in this species, and glial cells in zebrafish retain their
radial identity through life. Thus these radial/astroglial cells have important neurogenic
capacities. These cells can give rise to new neurons not only in the neurogenic niches but
more broadly in the CNS [68], and they constitute the basis of regeneration in the CNS,
i.e., the spinal cord, the brain and the retina.

2.4.1. The Spinal Cord

Spinal cord injury in mammals is followed by formation of a dense and heterogenous
network composed of hypertrophic stellate astrocyte gliosis, fibroblasts and inflammatory
immune cells, called the glial scar. This scar establishes a mechanical and impenetrable
barrier impeding the regeneration of severed axons and repair of neuronal circuits [69–71].
In zebrafish, complete transection of the spinal cord (Table 1) results in tissue discontinuity
and loss of glial and axonal connections. Then, glial cells proliferate and migrate to the
injured area and acquire a bipolar and elongated morphology, forming a glial bridge.
This allows, by 5 weeks, the regeneration of axons from viable neurons across the lesion
site and their reconnection to the central canal, and fish recover their normal swimming
behavior [72]. Notably, unlike mammals, this regeneration process is not accompanied by
formation of a scar [72–74]. The formation of this bridge results from differential regulations
compared to mammals allowing the presence of a permissive pro-regenerative microenvi-
ronment in zebrafish. One of these key regulations is a dynamic transient inflammatory
response in zebrafish. Indeed, 2–3 days after spinal cord injury, the initially proinflamma-
tory environment switches to an anti-inflammatory one with notably the presence of M2
macrophages, whereas, in mammals, pro-inflammatory macrophages persist at the wound
site for a long time after injury [74].

A key regulator of the formation of the glial bridge is Fibroblast Growth Factor (FGF)
signaling. Indeed, in zebrafish, the expression of several FGF ligands (Fgf2, 3, 8) and their
downstream targets (spry4, pea3 and erm) are increased at the injured site [72,75]. Using
several models of gain or loss of function, Goldshmit and colleagues have examined the
role of FGF during spinal cord regeneration in a series of studies from zebrafish to in vitro
and in vivo mammalian models [42,72,76]. They first established in zebrafish that the FGF
signaling is necessary for the formation of the glial bridge and for axonal regeneration.
Next, they showed that in vitro treatment of primate primary astrocytes with recombinant
human Fgf2 (hFgf2) recapitulated some of the characteristics of zebrafish glia cells during
spinal cord regeneration such as acquisition of a bipolar elongated shape [72]. In mice,
hFgf2 injection after spinal cord hemisection promotes formation of a glial bridge rather
than a scar, allowing the growth of neurites and axonal regeneration through the lesion
site. Mice injected with hFgf2 also displayed reduced inflammation, less macrophage and
microglia activation and reduced leukocyte infiltration [42]. Moreover, these mice showed
an improved functional recovery compared to control animals. These results are consistent
with previous studies showing that acidic FGF and FGF2 are implicated in locomotor
recovery in rodents [77,78]. Interestingly, similar observations were made with endogenous
increase of FGF signaling in spry4−/− mutant mice, spry4 being a feedback inhibitor of this
pathway [76].

One promising cellular therapy following a spinal cord injury is the transplantation
of stem cells directly into the injured site. Dental pulp cells (DPC) are composed of many
types of stem cells and their transplantation induced an enhanced improvement of the
functional recovery in a rodent spinal cord injury model compared to bone marrow-derived
stromal cells transplantation [79]. These results are even more promising when human
DPC are pretreated with FGF2 for several consecutive serial passages and then directly
transplanted into the injury site with, notably, an improvement of axonal regeneration and
of the locomotor recovery of the hind limbs by improving the survival rate of DPC at the
lesion site [80].
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Altogether, these results demonstrate a conserved pro-regenerative role for the FGF
signaling in the formation of the glial bridge and, hence, in axonal regeneration in the
spinal cord.

2.4.2. The Brain

Aging, brain injury or neurodegenerative conditions such as Alzheimer’s disease (AD)
and Parkinson’s disease cause a major loss of neural cells. After brain injury, glial cells
present in the neurogenic niches have the potential to proliferate. However, a reactive
gliosis also occurs, producing a glial scar that inhibits this proliferation and hampers neuro-
genesis. The zebrafish brain has an incredible capacity of regeneration that can be partially
explained by its numerous neurogenic niches and by the capacity of radial cells in the
parenchyma to form new neurons. Depending on the type of injury and its localization and
severity, different mechanisms of regeneration can be activated. This topic has been recently
reviewed [68,81,82]. In this section, we focus on two different models of zebrafish brain
injury/neurodegeneration that lead to mechanistic translation in mammalian models. In
the zebrafish stab lesion assay (Table 1), the parenchyma of the telencephalon is surgically
injured but leaves the neurogenic niches intact, allowing radial cells to proliferate, migrate
and generate new neurons [83]. Kizil et al. 2012b showed that the expression of the zinc
finger transcription factor Gata3 is induced in radial cells in response to injury [43] where
its activity is necessary to properly activate their proliferation, neurogenesis and to promote
migration of the newborn neurons, specifically in an injury context [43]. Human/mouse
astrocytes fail to induce Gata3 in response to injury. To mimic injury conditions, scratches
have been performed in 2D and 3D cultures of human astrocytes. However, though Gata3
delivery increased the number of neuronal progenitors, they could not achieve neuroge-
nesis [84]. These results show that Gata3 enhances the neurogenic potential of human
astrocytes but is not sufficient.

To study the mechanisms of brain plasticity in response to neurodegeneration, a ze-
brafish model of Alzheimer’s-disease-like (AD) has been developed [44] (Table 1). A hall-
mark of AD is the accumulation of β-amyloid Ab42 aggregates in the brain. Injection of
Ab42 peptides coupled with a cell peptide transporter (transportan) into the zebrafish
brain lead to neurodegeneration [44]. In contrast to mammals, neurodegeneration triggers
radial/astroglia cell proliferation and neurogenesis in zebrafish. Transcriptomic profiling
of this zebrafish model showed that gata3 does not seem to be involved but pinpointed
immune signaling pathways upregulated in response to Ab42-mediated neurodegener-
ation. This uncovered the specific upregulation of the anti-inflammatory interleukin-4
(IL4)/STAT6 pathway and its beneficial action on glial cell proliferation in the AD-like
model. In contrast, this pathway is not activated in mammals. Furthermore, IL4 overexpres-
sion in healthy zebrafish could increase brain progenitor proliferation and neurogenesis [44].
Papadimitriou et al. 2018 later developed a 3D-culture model of human astrocytes and
neural stem cells and examined the effect of IL4 as these cells naturally express the IL4
receptor. Interestingly, the inhibitory effect of Ab42 peptide on proliferation capacities
could be rescued by treatment with IL4 [85]. However, in an in vivo mouse model of AD,
the expression of the IL4 receptor could not be detected in astrocytes [45] and its artificial
delivery led to astrocyte death [45]. The authors hypothesized that the mammalian brain
evolved to avoid hyper-proliferation by establishing a non-permissive environment for
cells expressing the IL4 receptor.

To summarize, thanks to two different zebrafish models of brain regeneration, me-
diators of brain plasticity with favorable potential in mammalian models were identified
though the complexity of the mammalian brain, which has evolved rigid barriers to repress
regeneration in order to, presumably, avoid tumorigenesis.

2.4.3. The Retina

Photoreceptor death characterizes retinal degeneration and eye diseases like diabetic
retinopathy, retinitis pigmentosa or glaucoma, leading to loss of vision and even to com-
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plete and untreatable blindness. A promising strategy to restore sight would be to activate
endogenous regeneration of photoreceptors within the retina. Exploiting regenerative ca-
pacities of amphibians and fish, researchers revealed several cellular sources to regrow new
photoreceptors. Among them, we can cite the retinal pigment epithelium (in amphibians
but not in fish), the ciliary margin (the region which contains the retinal stem cells in fish
and amphibians) and the Müller glia [86]. The Müller cells (MCs) constitute the major
glial cells spread through the entire retina and are conserved from fish to mammals. Their
function is to maintain retinal homeostasis and structure. During retinal development, the
MCs are the latest cells to arise from retinal multipotent progenitors. MCs share molecular
signatures with late retinal progenitor cells [87], leading to the hypothesis that MCs could
be progenitors with a glial function. In response to retinal injury, MCs undergo reactive glio-
sis, i.e., change in morphology, dedifferentiation and proliferation [88,89]. However, this
proliferation is rapidly inhibited in mammals, resulting in scar formation and preventing
regeneration. On the other hand, zebrafish MCs can differentiate into new retinal neurons
after replication [47] and restore vision. Assuming that this regenerative capacity is present
in mammals but dormant, researchers focused on key factors specifically expressed or
induced in zebrafish but not in mammals. The most tangible example is the case of achaete
scute-like family bHLH transcription factor 1a (ASCL1a). In response to surgical injury,
ascl1a expression is induced in the zebrafish retina and is necessary for MC proliferation
and thus regeneration [90], while Ascl1 is not expressed in the mammalian retina. In order
to test if Ascl1 expression can stimulate the neurogenic potential of mammalian MCs, Ascl1
has been overexpressed in ex vivo explants of mice MCs, which enabled their dedifferentia-
tion into retinal progenitors [91]. Furthermore, while Ascl1 expression driven in vivo by
transgenesis in mice retina did not affect the uninjured retina, it could activate regeneration
after injury induced by N-methyl D-aspartate (NMDA) or excessive light [92] (Table 1).
However, only juvenile mice were able to generate new retinal neurons, showing that
Ascl1 is important but not sufficient to induce retinal regeneration in adult mammals [92].
Epigenetic regulations were proposed to underlie the age-dependent regenerative capac-
ities as the Ascl1 target genes are accessible in juvenile MCs but less accessible in adult
MCs [92]. Supporting this hypothesis, Ascl1 overexpression in MCs combined with an
eraser of epigenetic marks, the histone deacetylase inhibitor trichostatin-A, could stimulate
photoreceptor regeneration after injury in adult mice [48]. Importantly, the regenerated
cells responded to light [48], demonstrating functional recovery. Nevertheless, this mech-
anism of regeneration did not involve MC proliferation [48] and rather suggested direct
transdifferentiation of MCs into retinal neurons, which could possibly lead to MC depletion.
This could be overcome by the combined overexpression of Ascl1 and Lin28. Lin28a is
an RNA binding protein expressed in response to retinal injury in zebrafish [93] but not
in mice [46]. lin28a expression is also necessary for retinal regeneration in zebrafish [93].
Combined ascl1a and lin28a overexpression mimics a regenerative response in the zebrafish
retina without injury [46]. While ascl1a or lin28a expression alone does not impact the
retinal phenotype, their combination induces MC proliferation and differentiation into
several types of retinal neurons [46]. In the NMDA mice model of retinal injury, Ascl1 and
Lin28 co-overexpression enhances MC proliferation in young mice [46] compared to Ascl1
overexpression alone [92]. These studies taking advantage of the regenerative capacities of
zebrafish revealed that Ascl1 and Lin28 are pieces to unlock the regeneration potential of
mammalian MCs.

3. Conclusions

A question often asked to biomedical researchers using the zebrafish as a model or-
ganism is how a fish can help patients. Many studies point out that the zebrafish anatomy
and physiology share many features with mammals and this is exemplified by the rapid ex-
pansion of zebrafish disease models. This review seeks to bring an answer to how zebrafish
could benefit regenerative medicine by emphasizing the transposable potential of the
zebrafish regenerative abilities. All the studies highlighted here share a common workflow
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(Figure 1) such as drug and genetic screenings to enable the identification of regulators
of regeneration first in zebrafish [28,31–33,43]. An important trait of these studies is the
versatility of a few zebrafish injury models that allow us to tackle different regenerative
processes. It is for example the case of the pancreas and the liver where the zebrafish NTR
model is almost exclusively employed in contrast to the various mice models of injury that
are used to cover regeneration from different cellular sources (Table 1) [31,33,67]. The NTR
model is also exploited to study regeneration in the heart and the brain and is continuously
improving [94–97]. Although this relatively simple model provides valuable clues about
regeneration, zebrafish models recapitulating more closely the disease will determine
how zebrafish regenerate in such settings, therefore further increasing our understand-
ing of regeneration and the success of transposition to mammals. A critical step of the
workflow is to choose the most relevant mammalian model of injury to further explore
the zebrafish discoveries (Table 1). Another key aspect is to ensure that modulating the
mechanisms identified in zebrafish can improve the function of regenerated cells in vivo in
mammal models.

Figure 1. Workflow from zebrafish to mammals. Created with Biorender.com.

Altogether, these studies support the idea that regenerative mechanisms are rela-
tively well conserved even in species with low regenerative capacities, but they are re-
pressed. It can be assumed that mammals have evolved in a way to safeguard against
hyper-proliferation to prevent tissue overgrowth and tumorigenesis while maintaining
functionality. In this respect, polyploidization is a common feature of many mammalian
tissues during aging, homeostasis and cancer. Polyploidy has also emerged to play a role
in heart regeneration [18]. Similar to cardiomyocytes, many cell types in mammals such as
hepatocytes also become polyploid after birth. Although the significance for liver regenera-
tion is poorly understood, it is likely to play a role [98,99]. It would be interesting to assess
the effect of polyploidy in hepatocyte regeneration in zebrafish.

Two other major types of obstacles involve the immune system/inflammation and
epigenetic regulations (Figure 2). Repressing a prolonged inflammatory response im-
proves regenerative responses in the mammalian brain or spinal cord. The immune sys-
tem/inflammatory response differs between organisms able to regenerate and those which
cannot [100]. In organisms unable to regenerate, the immune response is generally sus-
tained. On the other hand, the zebrafish immune response is transient, as observed in the
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heart [101,102] and the spinal cord [74]. This environment favors a proper regenerative
response without scarring. Another obstacle to regeneration is the epigenetic repression or
the loss of enhancers of pro-regenerative genes [103] as it is the case in the heart, the liver
and the retina (Figure 2).

Figure 2. Summary of regenerative mechanisms identified in zebrafish which are able to awake the regenerative potential in
mammals in the brain, the spine, the retina, the pancreas, the liver and the heart. The up-headed (vs. back-headed) arrows
mean that the expression is upregulated (vs. downregulated) in zebrafish after injury. Factors highlighted in green exert
positive effect in regeneration, those in red impair regeneration. Created with Biorender.com.

In addition to help decipher the mechanisms of regeneration, the studies performed in
zebrafish also illustrate its great amenability to preclinical drug testing. To promote tissue
repair, transplantation-free (or cell-free) therapies rely on administration of soluble factors,
vesicles or microRNA that can be first tested in zebrafish for their efficiency and toxicity.

Even if the path is still long before we are able to overcome these obstacles and to
offer beneficial treatments to patients, the zebrafish is a powerful model to help elucidate
universal mechanisms of regeneration and to give clues about how and why more com-
plex vertebrates erected barriers dampening this potential. The versatility of zebrafish
enables the development of innovative models of regeneration and of novel technologies
such as scRNAseq associated with CRISPR/Cas9 barcode editing for fine cell lineage trac-
ing [104] and a growing number of genetic and metabolic reporter tools enabling non-toxic
and non-invasive in vivo imaging to follow organ reconstruction and functional recovery.
Associated with its regenerative capacity, all these assets confer the zebrafish with unde-
niable advantages over other preclinical models that will certainly accelerate research in
regenerative medicine.
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AD Alzheimer’s disease
APAP N-acetyl-p-aminophenol
ASCL1 Achaete Scute-Like family bHLH transcription factor 1
BECs Biliary Epithelial Cells
BET Bromodomain and Extra-Terminal proteins
BMP Bone Morphogenetic Protein
CDE Choline-Deficient Ethionine-supplemented
CNS Central Nervous System
DTA Diphtheria Toxin Subunit A
DTR Diphtheria Toxin Receptor
FGF Fibroblast Growth Factor
HDAC1 Histone Deacetylase 1
Igf insulin-like growth factor
igfbp1 Igf binding-protein 1
IL4 interleukin-4
LEN lepb-linked enhancer
LPCs Liver Progenitors Cells
MCs Müller cells
miRNAs micro RNAs
NECA 50-N-ethylcarboxamidoadenosine
NMDA N-methyl D-Aspartate
NTR Nitroreductase
PDL Pancreatic Duct Ligation
PIAA (E)-3-(3-phenylbenzo[c]isoxazol-5-yl) acrylic acid
STZ StrepToZotocin
T1D Type 1 Diabetes
T2D Type 2 Diabetes
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Abstract: Congenital eye defects represent a large class of disorders affecting roughly 21 million
children worldwide. Microphthalmia and anophthalmia are relatively common congenital defects,
with approximately 20% of human cases caused by mutations in SOX2. Recently, we identified
the RNA-binding motif protein 24a (Rbm24a) which binds to and regulates sox2 in zebrafish and
mice. Here we show that morpholino knockdown of rbm24a leads to microphthalmia and visual
impairment. By utilizing sequential injections, we demonstrate that addition of exogenous sox2 RNA
to rbm24a-deplete embryos is sufficient to suppress morphological and visual defects. This research
demonstrates a critical role for understanding the post-transcriptional regulation of genes needed
for development.

Keywords: rbm24a; sox2; post-transcriptional regulation; vision; visual assay; microphthalmia; RNA
binding protein; zebrafish

1. Introduction

Congenital eye defects represent a large class of disorders affecting roughly 21 million
children worldwide [1]. Defects can affect every part of the eye from the retina to the lens,
but can also include the eye as a whole. Microphthalmia, a smaller than normal eye(s), and
anophthalmia, a lack of an eye(s), are both relatively common congenital defects affecting
between 1 in 7000 and 1 in 30,000 live births, respectively [2–5].

Mutations in SRY (sex determining region Y)-box2 (SOX2) account for approximately
20% of human anophthalmia cases [6]. As a transcription factor, SOX2, often in cooperation
with a partner transcription factor, is responsible for the regulation of many genes and
is one of the Yamanaka reprogramming factors that regulates pluripotency [7–9]. Thus,
understanding the regulation of SOX2 is crucial. While the transcriptional regulation of
SOX2 has been explored, only recently has the post-transcriptional aspect of its regulation
been appreciated [10].

Previously, we identified the RNA-binding protein, RBM24, as a post-transcriptional
regulator of Sox2 [11,12]. Consistent with SOX2′s known role in microphthalmia and anoph-
thalmia in human patients, knockdown and knockout Rbm24-deficient mice and zebrafish
often displayed eye defects including microphthalmia and/or anophthalmia [12,13]. In
addition to its role in eye development, rbm24a knockdown, mutation, and overexpression
are also associated with cardiac defects. Previous inquiries found Rbm24 mutant mice to
be embryonic lethal, dying between E7.5 and E14.5. The embryonic lethality observed
is thought to be cardiomyopathy due to numerous cardiovascular malformations, which
included ventricular septum defects, reduced trabeculation and compaction, dilated atria
and ventricle chambers, thinner atrioventricular endocardial cushions, sarcomere disar-
ray, and fibrosis [12,14–16]. Most previous research focused on the cardiac phenotypes
associated with rbm24a depletion.
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It is challenging to study global factors such as Rbm24a due to their wide-ranging
impacts on a multitude of target RNAs. We chose to focus on a single proposed RNA
target, sox2, to perform more in-depth analyses as to the relationship between Rbm24a and
sox2. To do so, we analyzed the expression pattern of rbm24a and found, consistent with
previous studies in zebrafish, Xenopus, mice, and chick, its expression in the somites, heart,
and lens in a spatiotemporal manner [11,14,17–23]. To study the role of rbm24a in zebrafish
development, we performed morpholino knockdown and CRISPR mutagenesis which
phenocopied previously reported morphants and mutants [19,20,23]. We next performed
sequential injection of rbm24a morpholino and exogenous sox2 RNA to determine the extent
to which sox2 can suppress the rbm24a-depleted microphthalmia. We found phenotypic
suppression of the rbm24a-induced microphthalmia. We also performed a visual assay
which tests for light/dark detection on these embryos and found partial visually functional
rescue by sox2 RNA. This work highlights the study of post-transcriptional modification
and their target RNAs during eye development.

2. Experimental Section

2.1. Animal Care

Zebrafish are maintained in standard conditions under the approval of the University
of Iowa Institutional Animal Care and Use Committee (#8071513, 13 August 2018). Embryos
are collected from natural spawning and raised between 28 and 30 ◦C. No more than 50
embryos are kept per 100 mm plate. Embryo plates are cleaned of dead daily and water
changes are made as needed.

2.2. Microinjection

Embryos at the 1–2 cell stage were injected with either a translation-blocking rbm24a
morpholino (0.6–1.2, 1–1.3, or 1.7–2 ng), splice-blocking rbm24a morpholino, or AltR
CRISPR construct (3 nL). The morpholinos were ordered from Gene Tools. rbm24a AUG
MO sequence: 5′-GCATCCTCACGAAACGCTCAAGTGC-3′. rbm24a SB MO sequence: 5′-
TTGATATAATCCTCACCTGGCTGCA-3′. The AltR crRNA was ordered from IDT [24]. rbm24a
AltR crRNA sequence: 5′-GGACUUUCCAGUCUGUCUGUGUUUUAGAGCUAUGCU-3′.
RNA for rbm24a (100–400 pg), sox2 (200–300 pg), and EGFP (200–300 pg) was generated
from cDNA that was cloned into the pCR8/GW/TOPO vector (rbm24a, sox2; Invitrogen,
Carlsbad, CA, USA) or pCS2 + (EGFP, RZPD) before linearized templates were transcribed
using the SP6 Ambion mMessage mMachine kit (Invitrogen, Carlsbad, CA, USA). rbm24a
and sox2 RNAs have N-terminal Myc tags. sox2 RNA lacks a 3′ UTR. Microinjection needles
were measured via a capillary tube to ensure dosages fell in the aforementioned ranges. Se-
quential injections were performed utilizing the same needle between morpholino-injected
embryos (morpholino-only and morpholino with RNA) and RNA-injected embryos (RNA-
only and morpholino with RNA) to ensure consistent dosage between experimental groups.
An app was used to calculate the amount of construct injected (https://play.google.com/
store/apps/details?id=com.canthonyscott.microinjectioncalc&hl=en_US). When noted,
sequential injections were performed on a single day per set and involved the usage of the
same clutch of eggs, needle, and dosage for all embryos injected.

2.3. Mutagenesis Detection

Uninjected and injected embryos underwent gDNA extraction at 2–4 dpf. Briefly,
20 μL of 50 mM NaOH per embryo was added before embryos were heated at 95 ◦C
for 15 min. Samples were cooled and neutralized with 1 μL of 1 M Tris pH 8.0 per
10 μL of NaOH. The resulting gDNA underwent PCR amplification before being se-
quenced and insertion/deletion (indels) detection was performed utilizing Synthego
ICE [25]. rbm24a-Forward-5′-ATGCATACCACGCAAAAGGAC-3′, rbm24a-Reverse-5′-
CAGTCTGTCTGTCGGTAATCA-3′.
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2.4. Automated Startle Response

The automated vision startle response, VIZN, was performed on 5 or 6 days post-
fertilization (dpf) larvae as previously described [26]. Phenotypically normal larvae were
first tested for the ability to swim by being prodded to ensure touch responsiveness and
swimming ability, before being sorted and placed in 48-well plates.

2.5. Statistical Analysis

Data in tables were analyzed statistically with Fisher’s exact test implement in R [27].
VIZN assays were statistically analyzed by Mann–Whitney.

3. Results

3.1. Mutation of rbm24a Leads to Microphthalmia and Cardiomyopathy

Zebrafish rbm24a is expressed in the developing heart, somites, and lens [19,20,22].
Translation and splice-blocking morpholino knockdown leads to dose-dependent defects,
with lower doses exhibiting microphthalmia, while higher doses display microphthalmia
and cardiac defects leading to edema (Supplemental Figure S1). We previously analyzed
the microphthalmia phenotype both morphologically and histologically [13]. To validate
the usage of the morpholino, we aimed to generate an rbm24a mutant. Similar to other
organisms, including mice and humans, the zebrafish Rbm24a contains two domains: the
RNA recognition motif (RRM) and an Alanine-rich region. The RRM domain spans exons
1 and 2 and is the domain responsible for binding to target RNAs. This domain is highly
conserved, with 96.2% identity shared between zebrafish and humans. The Alanine-rich
region is in exon 4 and has an unknown function in Rbm24a (Figure 1). Due to the key
role of the RRM domain, we designed a CRISPR site in exon 1 which was a predicted null
mutation (Figure 1). We performed CRISPR knockout and found phenotypes similar to
those of morpholino knockdown. Most CRISPR-injected F0 embryos displayed microph-
thalmia (small eye(s)) and cardiac edema (fluid around the heart) which is consistent with
the expression pattern of rbm24a, previously reported morphant phenotypes, and previ-
ously reported mutant phenotypes (Figure 1B–E) [19,20,23]. We extracted genomic DNA
(gDNA) from both uninjected and CRISPR-injected F0, amplified the region flanking the
target cut site, and sequenced the products. We next used Synthego ICE to determine the
nature and frequency of indels [25]. Analysis of the CRISPR-injected F0 mutants showed
an indel frequency between 20% and 24% when compared to the uninjected control em-
bryos (Figure 1F). There is a statistically significant difference between the phenotypes of
uninjected control and CRISPR-injected F0 embryos (p < 1 × 10−16) (Table 1).

3.2. rbm24a RNA Suppression of rbm24a Morpholino Knockdown

Due to the high number of CRISPR-injected F0 embryos exhibiting both microphthalmia
and cardiac edema, we chose to utilize a low dose of translation-blocking morpholino in order to
generate microphthalmia-only rbm24a knockdown phenotypes. When compared to uninjected
embryos, morphant embryos injected with a low dose (1–1.3 ng) displayed only microphthalmia,
while embryos injected at a higher dose (1.7–2 ng) phenocopied the CRISPR-injected F0 embryos
with both microphthalmia and cardiac edema (Figure 2A–C’).

Table 1. Number of phenotypes associated with uninjected control and CRISPR-injected F0 embryos.

Uninjected rbm24a CRISPR F0

Normal 83 4
Microphthalmia 0

Microphthalmia and CVD 1 28
CVD 1

Other 2 1 1
Total 84 34

1 CVD stands for cardiovascular defect. 2 Other is a category reserved for phenotypes that do not fall under the
above categories. They are frequently trunk defects.
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Figure 1. Mutation of rbm24a phenocopies morpholino knockdown. (A) Schematic for genetic
structure of Rbm24a, with the RNA recognition motif (RRM) in blue and the Ala-rich region in
green. The red line indicates the site of the Alt-R CRISPR/Cas0 mutation. (B) Uninjected control
4 dpf embryo with wild type morphology. (B’) Detail of eye shown in B. (C) and (D) are Alt-R
CRISPR/Cas9-injected embryos showing the variation of the phenotypes. (C’) and (D’) are detail
of eyes found in C and D, respectively. (E) Graph of uninjected and CRISPR-injected F0 embryos.
(F) Synthego ICE analysis of mutations found in F0 mutants. Indels are listed. Images taken at 33×.
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Figure 2. Suppression of rbm24a morpholino knockdown with rbm24a RNA. (A) Uninjected 4 dpf
embryo with wild type morphology, (A’) detail of eye in A. (B) Knockdown of rbm24a at low doses
leads to microphthalmia, (B’) detail of eye in B, while (C) is a higher dose showing microphthalmia
with cardiac edema, (C’) detail of eye in C. (D) Injection of rbm24a RNA yields phenotypes similar to
higher dose knockdown, (D’) detail of eye in D. (E) Sequential injection of rbm24a morpholino and
rbm24a RNA suppresses the phenotypes, (E’) detail of eye in E. (F) Graph of phenotypes. Images
taken at 33×.
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As an additional confirmation of the rbm24a knockdown phenotype, we next deter-
mined the extent to which exogenous rbm24a RNA can suppress the knockdown defects.
We modified the rbm24a RNA construct so the morpholino could not bind to this exogenous
rbm24a RNA. When injected alone, rbm24a RNA led to an overexpression phenotype very
similar to the rbm24a knockdown phenotype (100–400 pg; Figure 2D–D’). The similarity of
the rbm24a knockdown and overexpression phenotypes poses a challenge for phenotypic
suppression studies, yet when we performed sequential injections of rbm24a morpholino
and rbm24a RNA, we demonstrated phenotypic suppression (Figure 2E–E’). In morpholino
knockdown alone, approximately 20% of the embryos were phenotypically normal, while
the remaining 80% of embryos displayed defects. When embryos were sequentially in-
jected with rbm24a morpholino and rbm24a RNA, the number with normal morphology
doubled to nearly 40%, resulting in partial suppression of the knockdown microphthalmia
defect (p = 0.0745) (Figure 2F, Table 2). The overlapping phenotypes generated by two
different morpholinos, the suppression of the knockdown phenotype by exogenous rbm24a
RNA, and the phenotypic similarity between the CRISPR-injected and morphant embryos
indicate that the phenotypes observed are specific to rbm24a.

Table 2. Number of phenotypes associated with uninjected, rbm24a knockdown, rbm24a knockdown with rbm24a RNA, and
rbm24a RNA alone.

Uninjected rbm24a MO rbm24a MO + rbm24a RNA rbm24a RNA

Normal 45 7 10 21
Microphthalmia 14 4 2

Microphthalmia and CVD 6 6 6
CVD 1
Other 5 5 1
Total 45 32 25 31

3.3. EGFP RNA Does Not Suppress rbm24a Morpholino Knockdown Phenotypes

Rbm24a is an RNA-binding protein. Therefore, we sought to determine if any exogenous
RNA was sufficient to suppress the rbm24a knockdown phenotype. We utilized EGFP
RNA as a control for RNA injection. EGFP is not naturally found in zebrafish and should
have no function. Additionally, we can check for successful injection by screening embryos
for EGFP fluorescence (Figure 3A). When compared to uninjected control embryos, both
embryos injected with rbm24a morpholino (1.7–2 ng) and embryos injected with both rbm24a
morpholino and EGFP RNA (200–300 pg) showed similar phenotypes, including many with
microphthalmia and microphthalmia with cardiac edema (Figure 3B–D’). Injection of EGFP
RNA alone yielded a phenotype similar to the uninjected control group (Figure 3E–E’). The
number of normal embryos in both the uninjected group and EGFP RNA group is almost
identical (p = 0.1050), while the number and nature of the affected embryos in both the
rbm24a knockdown and rbm24a knockdown with EGFP RNA are also very similar (p = 0.5884)
(Figure 3F, Table 3). Taken together, these data suggest that rbm24a knockdown defects cannot
be suppressed by sequential injection of an unrelated exogenous RNA.

Table 3. Number of phenotypes associated with uninjected, rbm24a knockdown, rbm24a knockdown with EGFP RNA, and
EGFP RNA alone.

Uninjected rbm24a MO rbm24a MO + EGFP RNA EGFP RNA

Normal 63 2 1 28
Microphthalmia 2 6 10 2

Microphthalmia and CVD 13 6
CVD
Other 4 9
Total 63 25 26 30
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Figure 3. EGFP RNA does not suppress rbm24a knockdown. (A) Uninjected and EGFP RNA-injected
1 dpf embryos are shown in both brightfield (top) and with a GFP filter (bottom). (B) Uninjected
4 dpf embryo with wild type morphology, (B’) detail of eye in B. (C) rbm24a knockdown embryos
display microphthalmia with cardiac edema, (C’) detail of eye in C. (D) Sequential injection of rbm24a
morpholino and EGFP RNA yields phenotypes similar to knockdown alone, (D’) detail of eye in D.
(E) EGFP RNA-injected embryos are morphologically wild type, (E’) detail of eye in E. (F) Graph of
phenotypes. Image A taken at 62×. Images B-E’ taken at 33×.

3.4. sox2 RNA Phenotypically Suppresses rbm24a Morpholino-Induced Microphthalmia

We previously identified sox2 as a target of Rbm24a in both zebrafish and mouse
models [12]. In that study, we demonstrated that loss of rbm24a led to decreased levels of
sox2. We hypothesize that supplying exogenous sox2 RNA would supplement the reduced
endogenous sox2 RNA levels. We previously identified the binding site in the 3′ UTR of
Sox2 for RBM24 via mouse cell culture studies [12]. Thus, we generated a zebrafish sox2
RNA construct which lacked the 3′ UTR to prevent Rbm24a binding (referred to as sox2

163



Biomedicines 2021, 9, 100

RNA). To test the functional role of sox2 as a target of Rbm24a, we performed sequential
injection of rbm24a morpholino followed by sox2 RNA. Knockdown of rbm24a (1.7–2 ng)
generated embryos with microphthalmia or microphthalmia with cardiac edema when
compared against the uninjected control (Figure 4A–B’).

Figure 4. Exogenous sox2 can suppress rbm24a-associated microphthalmia. (A) Uninjected 4 dpf
embryo with wild type morphology, (A’) detail of eye in A. (B) Knockdown of rbm24a at low doses
leads to microphthalmia, (B’) detail of eye in B. (C) Sequential injection of rbm24a morpholino and
sox2 RNA results in a phenotype more similar to wild type than rbm24a morphant, (C’) detail of
eye in C. (D) Injection of sox2 RNA alone results in wild type morphology, (D’) detail of eye in D.
(E) Graph of phenotypes. Images taken at 33×.

In contrast, embryos sequentially injected with both rbm24a morpholino and sox2
RNA (200–300 pg) were often normal in morphology (Figure 4C–C’). Injection of sox2 RNA
alone also generated mostly phenotypically normal embryos (Figure 4D–D’). A majority of
uninjected, rbm24a morpholino and sox2 RNA-injected, and sox2 RNA-injected embryos
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were morphologically normal with some exceptions in both injection groups. The rbm24a
knockdown embryos displayed more embryos with microphthalmia or microphthalmia
with cardiac edema when compared to the rbm24a knockdown with sox2 RNA, indicat-
ing that injection of exogenous sox2 RNA can partially suppress the rbm24a knockdown
phenotype (Figure 4E, Table 4).

Table 4. Number of phenotypes associated with uninjected, rbm24a knockdown, rbm24a knockdown with sox2 RNA, and
sox2 RNA alone.

Uninjected rbm24a MO rbm24a MO + sox2 RNA sox2 RNA

Normal 13 3 12 17
Microphthalmia 2

Microphthalmia and CVD 4 3
CVD
Other 1 5 4 6
Total 14 12 17 25

3.5. EGFP RNA Does Not Functionally Suppress rbm24a-Induced Visual Defects

We next wanted to determine the functional role of rbm24a in vision. Previously,
we demonstrated that morpholino knockdown of rbm24a impacts the startle response
in a dose-dependent manner [13]. When 5 to 6 days post-fertilization zebrafish larvae
are exposed to an interruption of a constant light source, they perform a characteristic
escape response which can be tracked with motion detection cameras and software. We
utilized the automated startle response assay (VIZN) which generates five interruptions
in light and records the zebrafish movement in response to the interruption in light [26].
Uninjected control larvae responded roughly four out of five times, indicating that they are
visually responsive to the stark change in light in the startle response assay. Our previous
studies indicated that low-dose knockdown of rbm24a maintained light detection [13].
For this study, we utilized a mid-range dose of rbm24a morpholino to better evaluate the
effectiveness of RNA suppression. For all of our vision assays, we only utilized larvae
that were touch responsive with a characteristic swimming response and had no cardiac
edema. These rbm24a morphant larvae responded to the automated startle response assay
(VIZN) significantly fewer times (approximately two out of five times) than the uninjected
control (Figure 5). When sequentially injected with both rbm24a morpholino and EGFP
RNA, larvae had a similar response to the rbm24a morpholino-alone larvae and responded
about two out of five times. The difference between the rbm24a morpholino-only and
rbm24a morpholino with EGFP RNA was not significantly different. The larvae injected
with only EGFP RNA responded roughly four out of five times. There was no significant
difference between the uninjected control and EGFP RNA-alone groups (Figure 5).

3.6. sox2 RNA Partially Functionally Suppresses rbm24a-Induced Visual Defects

We next investigated the extent to which sox2 RNA can restore visual functionality
to rbm24a knockdown larvae. We performed VIZN on the uninjected control and rbm24a
knockdown larvae. Uninjected control larvae responded approximately four out of five
times, indicating that they are visually responsive to the startle response assay (Figure 6).
As stated previously, we purposely utilized a dose of rbm24a morpholino which resulted
in larvae responding statistically significantly fewer times (roughly two out of five) than
the uninjected control. Sequential injection of rbm24a morpholino and sox2 RNA larvae re-
sponded significantly more times (about three out of five) than rbm24a morpholino-injected
larvae. However, the rbm24a morpholino and sox2 RNA larvae were also statistically signif-
icantly different from the uninjected control larvae. Larvae injected with only sox2 RNA
responded similarly (about four out of five times) to the uninjected control (Figure 6). Taken
together, these data indicate sox2 partially restores visual function in rbm24a morpholino
knockdown larvae.
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Figure 5. EGFP RNA does not improve visual function of rbm24a knockdown embryos. Automated
startle response assay (VIZN) was performed on uninjected, rbm24a knockdown, rbm24a knockdown
with EGFP RNA, and EGFP RNA larvae. Knockdown of rbm24a inhibits visual function, which was
statistically significant compared to uninjected. Addition of EGFP RNA to rbm24a knockdown does
not statistically significantly increase visual function when compared to rbm24a knockdown alone.
Injection of EGFP RNA alone does not statistically significantly alter visual function from uninjected.
Mann–Whitney *** p < 0.001, **** p < 0.0001. Nonsignificant interactions not shown.

Figure 6. Injection of sox2 RNA can partially restore visual function by VIZN to rbm24a knockdown
embryos. VIZN was performed on uninjected, rbm24a knockdown, rbm24a knockdown with sox2
RNA, and sox2 RNA larvae. Knockdown of rbm24a statistically significantly inhibits visual function
when compared to uninjected. Addition of sox2 RNA to rbm24a knockdown statistically significantly
improves visual function when compared to rbm24a knockdown, but not to the same level as uninjected.
Injection of sox2 RNA alone does not statistically significantly alter visual function from uninjected.
Mann–Whitney * p < 0.05, ** p < 0.01, **** p < 0.0001. Nonsignificant interactions not shown.
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4. Discussion

Our previous research indicated sox2 as a target for Rbm24a and suggests that Rbm24a
binds to and stabilizes the sox2 mRNA transcript [12]. Localization data indicate that rbm24a
is expressed exclusively in the lens. This suggests that Rbm24a binds to and regulates
lens-expressed sox2 in the lens [17–21,28]. When knocked down via morpholino or mutated
via CRISPR, the levels of Rbm24a are depleted which leads to a decrease in the stability
and amount of sox2 mRNA. One possibility is that the reduced levels of sox2, a proliferative
factor, lead to decreased lens vesicle size. Due to coordinated development between the
lens vesicle and optic cup via reciprocal induction, the optic cup develops in tandem with
the lens vesicle and results in microphthalmia (Figure 7).

 
Figure 7. Model for Rbm24a in zebrafish eye development. (A) Functional Rbm24a is found in
the developing lens of zebrafish. There, the protein acts to bind to and stabilize sox2 mRNA. This
interaction leads to the development of a normal sized lens and, with reciprocal induction signaling
between the lens and retina, the retina also develops normally to size-match the lens. (B) With
either knockdown or mutation of rbm24a, there is lessened Rbm24a protein in the lens which in turn
cannot stabilize as many sox2 mRNA molecules (represented as transparent shapes). The lack of
the correct amount of sox2, a proliferative factor, causes the lens to develop smaller than normal.
However, reciprocal induction has not been affected, which leads to the lens and retina developing
small in tandem.

Recently, a zebrafish TALEN mutant for rbm24a has been published which phenocopies
both our morpholino knockdown and CRISPR-injected F0 defects [23]. In the Shao et al.
2020 study, the authors suggest that microphthalmia is the result of a cardiac morphological
defect leading to poor blood flow to the eye. We hypothesized that the microphthalmia was
due to target RNA disruption by decreased rbm24a expression. In our previously published
studies, we identified that RBM24 binds to Sox2 in mouse cell cultures [12]. From this,
we hypothesized that knockdown of rbm24a with the addition of exogenous sox2 would
suppress the microphthalmia phenotype. We found that sequential knockdown of rbm24a
and the addition of exogenous sox2 RNA generated a phenotype more similar to that of
uninjected control embryos than rbm24a knockdown (Figure 4A–C’). Our data indicate sox2
is a main contributor to the rbm24a-induced microphthalmia. In terms of the previous study
by Shao et al., it is possible that the TALEN mutant was not a null mutation which could
have allowed for some function in the lens. Additionally, the utilization of heterotypic
parabiosis allows for the potential transfer of more than just blood (including hormones,
signaling molecules, etc.) between embryos. It is possible that the transfer of these
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biomolecules could have played a role in suppressing the microphthalmia phenotype [23].
Follow-up studies utilizing an organ-specific driver would resolve this contrast.

We occasionally observed cardiovascular defects in the sox2 overexpression embryos,
perhaps stemming from the ubiquitous overexpression of sox2. Ubiquitously expressed
exogenous sox2 may be able to substitute for cardiac members of the SOX family including
Sox6 which has been shown to be a cardiomyocyte regulator in murine cells, Sox9 which
is involved in heart valve development in mice, and Sox17 which has been shown to be
essential for specification of cardiac mesoderm in mouse cell cultures [29–31]. In the future,
an eye-specific promoter could be utilized to allow for the study of rbm24a/sox2 interactions
with specificity to the eye.

In this study, we demonstrated that knockdown and mutation of the RNA-binding
motif protein 24a gene, rbm24a, leads to microphthalmia at low-dose knockdown and
microphthalmia with cardiac edema at increased knockdown doses. Additionally, we
demonstrated that the microphthalmia induced by rbm24a functionally impacted the visual
capabilities of the larvae, as knockdown fish performed worse in a visual behavior study.
Previously, we identified sox2 as a target of Rbm24a [12]. When sequentially injected,
exogenous sox2 RNA is able to phenotypically and partially functionally suppress the
rbm24a knockdown larvae. This shows functional validation of a suspected target RNA
by an RNA-binding protein. This work broadly demonstrates the key role RNA-binding
proteins and post-transcriptional modification plays during development. It also highlights
that genes not associated with disease, such as rbm24a, can impact a well-studied disease-
associated gene (sox2), making it critical to better understand post-transcriptional regulation
and the potential impacts of RNA-binding proteins and their associated target RNAs.

Supplementary Materials: The following are available online at https://www.mdpi.com/2227-9
059/9/2/100/s1, Figure S1: Knockdown of rbm24a yields dose-dependent phenotypes at 4 days
post-fertilization.
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