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Enzymes, also known as biocatalysts, are proteins produced by living cells and found
in a wide range of species, including animals, plants, and microorganisms. Due to their
specificity, enzymes are often widely used to catalyze various chemical reactions as pro-
ficient biocatalysts in many applications. Since an enzyme is a protein, it easily becomes
denatured and loses its activity under unfavorable conditions of the surrounding envi-
ronment. Therefore, in order to prolong the activity and increase enzyme stability, immo-
bilization technology is commonly used for improving the overall efficiency of enzyme
catalysis. Immobilized enzymes can maintain high efficiency, specificity, and mild reaction
characteristics to overcome the shortcomings of free enzymes [1]. Immobilized enzymes
have many advantages, such as exhibiting high storage stability [2], easy separation and
recovery [3], reusability [4], continuous operation in a bioreactor [5,6], and high stabil-
ity. The commonly used methods for immobilizing enzymes on carriers are adsorption,
cross-linking, covalent binding, and entrapment [7]. Among these methods, adsorption
is the simplest and most common way to immobilize enzymes. The adsorption method
mainly works through van der Waals interactions, hydrophobic interactions, or electrostatic
interactions between the carrier and the enzyme. Therefore, adsorption can maintain the
maximum activity of enzymes since there is no or significantly less configurational change
in the enzyme’s structure.

Remonatto et al. [8] investigated the immobilization process of lipases by physical
adsorption using clay supports, including diatomite, vermiculite, montmorillonite KSF
(MKSF), and kaolinite. The results showed the lipase immobilized on MKSF support had an
improvement in the catalytic performance that presented a 69.47% immobilization yield and
higher hydrolytic activity (270.7 U g−1). The Vmax value of immobilized lipase was 13 times
greater than the free one, indicating that the lipase activity was improved. Lipases are
versatile enzymes that have several industrial applications [9]. The lipases immobilized on
MKSF demonstrate high temperature and pH stability, making them suitable for industrial
applications. More specifically, inorganic clays are low-cost supports with high adsorption
capacity, environmentally friendly properties, and renewable abundance.

The biocementation of soil has received significant attention as an environmentally
friendly alternative to chemical stabilization methods. An enzyme called urease is required
to catalyze the chemical reaction that generates calcium carbonate precipitates from urea
hydrolysis [10,11]. Pinto Vilar and Ikuma [12] reported the adsorption of a specific target
protein, urease, as part of a complex, natural protein extract on soils through different
surface chemistries with emphasis on the retained activity of the adsorbed urease. The ad-
sorption and retention of urease activity is a critical first step for successful biocementation,
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which is a catalytic method used for soil stabilization. The results showed that the mass
of proteins adsorbed was similar across soils with different surface chemistries (i.e., sand
only, iron-coated sand, and hydrophobic sand). Urease was preferentially adsorbed in soils
with hydrophobic contents greater than 20% (w/w) compared to total proteins contained
in crude bacterial protein extracts. A comparison of the urease adsorption into silica sand
and soil mixtures, as well as iron-coated sand, showed that it was much lower than the
total protein adsorption. There was preferential adsorption of urease within the crude
protein extract onto hydrophobic surfaces, which in turn yielded higher urease activity.
These results suggest that soil surface manipulations may significantly enhance enzymatic
activity, leading to improved outcomes for biocementation.

The packed-bed bioreactor is a simple piece of equipment that includes a pump and
a column packed with immobilized enzymes and is commonly used for continuous pro-
duction [13,14]. In the industry, the packed-bed bioreactor is commonly used to maximize
the efficiency of enzyme reactions since it is energy-efficient, reduces reaction volumes,
and is convenient to operate continuously [15]. Ethyl esters of omega 3 fatty acids, es-
pecially docosahexaenoic acid (DHA) and eicosapentaenoic acid (EPA) ethyl esters, are
active pharmaceutical ingredients used to reduce triglyceride levels in the treatment of
hyperlipidemia [16]. The first time DHA and EPA ethyl esters were produced continuously
from DHA + EPA concentrate and ethyl acetate in an ultrasonic packed-bed bioreactor
was reported by Kuo et al. [17]. The mass transfer kinetic model was used to evaluate the
efficiency of the ultrasound. The results showed that the ultrasonic packed-bed bioreactor
had a higher external mass transfer coefficient compared to the packed-bed bioreactor.
With ultrasonication, the highest conversion of 99% was obtained at a flow rate of 1 mL
min−1 and substrate concentration of 100 mM. When increasing the substrate concentration
and flow rate to 500 mM and 5 mL min−1, the conversion remained at 93%. The effect
of ultrasonication was also evaluated by the kinetic model using an ordered mechanism
in the batch reaction. There was an 8.9 times greater V′max/K2 value in the ultrasonic
bath, indicating that ultrasonication greatly enhanced lipase-catalyzed transesterification
efficiency. For long-term operation, the ultrasonic packed-bed bioreactor that performed
under the highest conversion conditions showed that the enzyme remained stable for at
least 5 days and maintained a conversion of 98%. The ultrasonic packed-bed bioreactor is
a continuously operating system that, in terms of enzyme usage and production cost, is
superior to batch production. Additionally, it has a good chance of being used in industrial
mass production or production capacity in the future.

Enzymes from microorganisms play a crucial role as metabolic catalysts, and they can
be used in numerous industries and applications. Recent developments in the discovery
of stable enzymes have expanded their uses to encompass organic synthesis and the pro-
duction of specialized chemicals, pharmaceutical intermediates, and agrochemicals [18].
In order to improve enzyme performance, microbial screening or gene cloning is gener-
ally used [19–21]. It is also common for enzyme studies to use a particular medium for
microbiological fermentation in order to produce enzymes.

Dakhmouche Djekrif et al. [22] demonstrated the ability of a yeast strain Clavispora lusi-
taniae ABS7, isolated from wheat grains that produced significant amounts of amylopul-
lulanase on by-products of milk manufacturing (whey). The chromatographic profile on
Sephacryl S-200 revealed two α-amylase and pullulanase-specific activities eluted together
with the protein peak. The elution on DEAE-cellulose confirmed the presence of both activ-
ities in the same fraction. The α-amylase and pullulanase were purified with purification
rates of 50.45 and 44.59 and yields of 23.88% and 21.11%, respectively. The purified enzyme
showed a single band on the SDS-PAGE gel with an estimated molecular weight of 75 KDa.
The coexistence of the two pullulanase and amylase activities was analyzed from the band,
which suggested that the C. lusitaniae ABS7 strain had a bifunctional amylolytic enzyme
with two active sites: one for α-amylase and the other for pullulanase, thus allowing simul-
taneous hydrolysis of α-1,4 and α-1,6 glycosidic bonds. The thin layer chromatography
also confirmed that the enzyme digested starch to maltose and glucose and pullulan to mal-
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totriose, maltose, and glucose. These two activities are probably localized in two distinct
active sites of a type II amylopullulanase with saccharifying power. The α-amylase and
pullulanase had pH optima at 9 and temperature optima at 75 ◦C and 80 ◦C, respectively.
After heat treatments for 3 h at 75 ◦C, 2 h at 100 ◦C, and 3 h at 100 ◦C, α-amylase retained
88%, 51.76%, and 38.6% activity, respectively. The pullulanase maintained 91% and 42%
activity after incubations at 80 ◦C and 100 ◦C for 3 h, respectively. The results showed
the excellent thermostability of C. lusitaniae ABS7 amylopullulanase type II. The effect of
various metal ions and chemical reagents on the α-amylase and pullulanase activities were
also studied. Because of its excellent stability and compatibility with commercial laundry
detergents, the alkalothermophilic amylopullulanase of C. lusitaniae ABS7 is suitable for
industrial use, especially in detergents.

Sequential fermentation (SF) is usually used in the fermentation process of rice
wine [23,24], which combines solid-state (SSF) and submerged (SmF) fermentation. De
Oliveira et al. [25] developed an SF method for producing protease from Aspergillus tamarii
URM4634 using wheat bran as a substrate. A 23 full factorial design was used to examine
the effects of glucose concentration, medium volume, and inoculum size on protease pro-
duction. Moreover, glucose concentration and medium volume were optimized using a
22 central composite rotational design to achieve a maximum protease activity of 180.17 U
mL−1. The protease activity produced by the SF method was increased approximately
9-fold over the conventional SmF method. A temperature of 50 ◦C and pH of 7 were
found to be optimal for A. tamarii URM4634 protease. In the kinetic and thermodynamic
study, the enzyme exhibited values of the Michaelis constant (Km), maximum rate (Vmax),
and turnover number (kcat) of 16.26 mg mL−1, 147.06 mg mL−1 min−1, and 195.37 s−1,
respectively. The activation energy (E*a) of 40.38 kJ mol−1 was estimated for azocasein
hydrolysis. Protease thermostability was performed in the temperature range of 50 to 80 ◦C.
The results indicated that the protease was thermostable at 50 ◦C, which is a commonly
used temperature in many industrial processes, as evidenced by a half-life of 231.05 min
and a decimal-reduction time of 767.53 min.

Nitrile hydratase is a biocatalytic enzyme that is commonly used to synthesize acry-
lamide from acrylonitrile [26,27]. Grill et al. [28] investigated a new nitrile hydratase,
Gordonia hydrophobica nitrile hydratase (GhNHase), which was produced in Escherichia coli
and applied as a cell-free extract (CFE). An enzymatic dynamic kinetic resolution with
GhNHase was employed to prepare the precursor of API levetiracetam, 2-(pyrrolidine-1-yl)
butanamide, via enantioselective. The GhNHase was used to convert (RS)-2-(pyrrolidine-1-
yl) butanenitrile to (S)-2-(pyrrolidine-1-yl) butanamide. The effect of GhNHase, substrate
concentration, and reaction temperature on the product titer and enantiomeric excess was
explored. The results showed that the substrate concentration, reaction pH, and amount of
biocatalyst were critically important factors for achieving (S)-configured amide conversions.
Among APIs with amide groups, nitrile is often used as the precursor to introduce the
amide group. GhNHase showed full conversion of the nitriles, including benzonitrile,
3-cyanopyridine, and pyrazine-2-carbonitrile, indicating that substrates with cyano groups
directly attached to aromatic systems might be preferred.

Cyanide hydratases (CynHs) (EC 4.2.1.66) belong to the nitrilase family and catalyze
the hydration of cyanide to formamide. Sedova et al. [29] used a new CynH from Exidia
glandulosa (protein KZV92691.1, namely, NitEg), which was overproduced in Escherichia coli.
The cell-free extract had a specific activity of 280 U mg protein−1, which was increased to
697 U mg protein−1 after purification via cobalt ion affinity chromatography. The purified
NitEg (4.0 µg protein mL−1) could convert 25 mM free cyanide (fCN) to formamide in
60 min. The NitEg exhibited values of the Michaelis constant (Km), maximum rate (Vmax),
and turnover number (kcat) of 22.2 mM, 1335 U mg−1, and 927 s−1, respectively. Enzyme
performance is often represented by the Vmax/Km parameter [30]. The Vmax/Km ratio
(U mg−1 mM−1) was 60 in NitEg, which was similar to Aspergillus niger CynH (62) but
higher than Gloeocercospora sorghi CynH (49), indicating the high performance of NitEg.
The optimal activity of NitEg occurred at 40–45 ◦C and a pH range of approximately 6–9.
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A simulated electroplating effluent was composed of 100 mM fCN and 1 mM AgNO3 or
1 mM CuSO4. The results showed that the NitEg at a concentration of 14 µg enzyme mL−1

was sufficient to remove more than 97% fCN in the simulated electroplating effluent after
1 h. The NitEg demonstrated excellent performance in fCN solutions of up to 100 mM
concentrations under alkaline conditions [29].

Phenylalanine ammonia lyase (PAL) is an important enzyme involved in the phenyl-
propanoid pathway, which catalyzes the biosynthesis of polyphenolic compounds such
as phenylpropanoids, flavonoids, and lignin in plants. Hsieh et al. [31] investigated the
expression of BoPAL4, a Bamboo PAL protein, in Escherichia coli Top10. BoPAL4 contained
a 2106 bp open-reading frame and encoded a 701- amino acids polypeptide. L-Phe, L-Tyr,
and L-3,4-dihydroxy phenylalanine (L-DOPA) were used as substrates to examine PAL,
tyrosine ammonia-lyase (TAL), and L-DOPA ammonia-lyase (DAL) activities of BoPAL4.
The optimal reaction pH and temperature for BoPAL4 on three substrates were at 9.0, 8.5,
9.0, and 50, 60, 40 ◦C, respectively. In addition, the kcat value of 1.87 s−1 and Km value of
640 µM indicated that the Phe-123 to His mutation of BoPAL4 had a higher L-Phe binding
affinity than wild-type BoPAL4. BoPAL4 can catalyze L-Phe, L-Tyr, and L-DOPA to yield
trans-cinnamic acid, p-coumaric acid, and caffeic acid, respectively. Trans-cinnamic acid
derivatives have been shown to have beneficial effects on human health and may therefore
enhance the utility of BoPAL4.

Trypsin is a serine protease that hydrolyzes peptides and proteins on the carboxyl side
of lysines and arginines. The robustness and high enzymatic activity of trypsin make it to
be use in diverse products and many biotechnological applications [32,33]. The robustness
of trypsin is based on three intrinsic disulfide bridges and is also influenced by the direct
presence of Ca2+-ions in the calcium-binding loop. Simon et al. [34] inserted an additional
fourth disulfide bridge by substitution of Glu70 and Glu80 to Cys70 and Cys80, named
aTn. The results found that disulfide bonds eliminated the enzyme’s dependence on
Ca2+-ions. The disulfide bond in aTn prevents autolysis in absence of Ca2+-ions situation.
In addition, the aTn did not seem to denature completely even at 90 ◦C indicated the
disulfide bridge also contributed to increase thermal stability. The nonstructural antigen
protein 3 of the hepatitis C virus (HCV NS3), commonly used for ELISA diagnosis of HCV,
has protease and helicase activities. Huang et al. [35] developed a clone with a special
design to produce a truncated NS3 recombinant protein (without protease domain) and
overexpressed in the E. coli expression system. As the temperature shifted from 37 to
25 ◦C, the yield of the soluble fraction of HCV NS3 was increased from 4.15 to 11.1 mg
L−1. In terms of solubility, purity, antigenic efficacy, and stability, low-temperature (25 ◦C)
protein expression exhibits superior performance than high-temperature expression at
37 ◦C. The comparison of recombinant HCV ELISA with two commercial kits, Abbott HCV
EIA 2.0 and Ortho HCV EIA 3.0, was also carried out and thoroughly discussed. It was
demonstrated that truncated NS3 produced at 25 ◦C showed a better discriminating ability
than the proteins produced at 37 ◦C and was competitive with commercial kits, suggesting
that it might have potential for HCV ELISA diagnosis.

Velázquez-De Lucio et al. [36] discussed exogenous enzymes as zootechnical additives
in animal feed. Exogenous enzymes have been shown to increase the bioavailability
and digestibility of nutrients as well as eliminate some anti-nutritional factors from agro-
industrial and agroforestry wastes used as animal feed. A general classification of enzymes
depends on the substrate on which they act; commercially, in animal nutrition, enzymes
are divided into three categories based on their purpose: carbohydrases, proteases, and
phytase. The enzymes used as zootechnical additives in animal feed, such as those for
poultry, swine, ruminant, fish, and dogs, were also discussed. Additionally, the production
methods of various enzymes for animal feeding are also introduced. A description of
enzymes used for animal nutrition, their mode of action, production, and new sources of
production are presented in this review, along with studies on different animal models.

Neubauer et al. [37] described the application of a Hidden Markov Model (HMM)
for the identification of novel flavin-dependent halogenases in metagenomes. They chose
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metagenomic data since they contain many genomes, even from uncultivable organisms,
which expands the scope for identification. With this HMM, 254 complete and partial
putative flavin-dependent halogenase genes in 11 metagenomic data sets were identified.
In another study, the HMM strategy was used to screen the bacterial associates of the Botry-
ococcus braunii consortia (PRJEB21978) [38] and identify several putative flavin-dependent
halogenase genes. Two of these novel halogenase genes were found in one gene cluster
of the Botryococcus braunii symbiont Sphingomonas sp. In vitro activity tests revealed that
both heterologously expressed enzymes are active flavin-dependent halogenases able to
halogenate indole, indole derivatives, and phenol derivatives while preferring bromination
over chlorination.

Metagenomics is the study of directly obtaining all the genetic material in the envi-
ronment. Metagenomics can be used as an innovative strategy to study these unculturable
microorganisms by using DNA extracted from environmental samples. Sousa et al. [39]
discussed the most relevant information reported in the last decade about the application of
metagenomics for the discovery of promising biocatalysts in soil and water. Metagenomic
studies are classified into the categories of raw resources, human-manipulated resources,
and unspecified resources. A compilation of metagenomic data obtained from different
environments was provided. The metagenomic studies conducted for enzyme discovery
demonstrated that a considerable number of promising environments are yet to be explored.
The authors analyzed and discussed the research on metagenomics from a global perspec-
tive. The data and discussion offered in this review will be fascinating for a large community
of researchers working on metagenomic studies to examine microbial functionality.

In conclusion, this Special Issue shows that enzymes and biocatalysis have found
numerous applications in various fields. These applications include the production of APIs,
wastewater treatment, transformation of health ingredients, laundry detergent applications,
fortification of feed, and biocementation. Moreover, there are studies focusing on the
immobilization and production procedures of enzymes. Furthermore, an extensive review
of metagenomics studies related to water and soil is included.
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Abstract: Halogen substituents often lead to a profound effect on the biological activity of organic
compounds. Flavin-dependent halogenases offer the possibility of regioselective halogenation at
non-activated carbon atoms, while employing only halide salts and molecular oxygen. However,
low enzyme activity, instability, and narrow substrate scope compromise the use of enzymatic
halogenation as an economical and environmentally friendly process. To overcome these drawbacks,
it is of tremendous interest to identify novel halogenases with high enzymatic activity and novel
substrate scopes. Previously, Neubauer et al. developed a new hidden Markov model (pHMM) based
on the PFAM tryptophan halogenase model, and identified 254 complete and partial putative flavin-
dependent halogenase genes in eleven metagenomic data sets. In the present study, the pHMM was
used to screen the bacterial associates of the Botryococcus braunii consortia (PRJEB21978), leading to the
identification of several putative, flavin-dependent halogenase genes. Two of these new halogenase
genes were found in one gene cluster of the Botryococcus braunii symbiont Sphingomonas sp. In vitro
activity tests revealed that both heterologously expressed enzymes are active flavin-dependent
halogenases able to halogenate indole and indole derivatives, as well as phenol derivatives, while
preferring bromination over chlorination. Interestingly, SpH1 catalyses only monohalogenation,
while SpH2 can catalyse both mono- and dihalogenation for some substrates.

Keywords: enzyme identification; flavin-dependent halogenases; bromination; metagenome screen-
ing; bacterial consortia of Botryococcus braunii; bioinformatics

1. Introduction

Halogenated organic compounds often show higher biological activities than the non-
halogenated correlates. Therefore, chemical halogenation is an important methodology,
but often lacks regioselectivity. Moreover, it requires relatively harsh reaction conditions
and Lewis acid catalysts, and is usually performed in an organic solvent [1]. Hence, a
regioselective and facile halogenation method would provide a more environmentally
friendly alternative. Nature has evolved enzymatic halogenation, making use of different
cofactors [2]. The enzymatic halogenation by flavin-dependent halogenases may overcome
the drawbacks of chemical halogenation, since it often is highly regioselective and only
requires a halide salt as a halogen source, water, oxygen, and reduced flavin–adenosine–
dinucleotide (FADH2) as a cofactor [1,3–6]. In general, flavin-dependent halogenases
belong to the superfamily of flavin-dependent monooxygenases, which are able to activate
molecular oxygen by using reduced flavin (FADH2) [7], thus allowing diverse reactions,
such as hydroxylation, epoxidation, and Baeyer–Villiger oxidation [8].
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Tryptophan (Trp) halogenases are flavin-dependent halogenases, categorized accord-
ing to their specific position of halogenating tryptophan. Trp halogenases have already
been employed for halogenation on a gram scale, making use of enzyme immobilisation as
cross-linked enzyme aggregates (CLEAs) [1]. The enzymatic halogenation approach has
been combined with Suzuki–Miyaura cross-coupling [4,9–12], Sonogashira–Hagihara cross-
coupling [13], and Mizoroki–Heck cross-coupling [14,15] in reaction cascades [4,10,11]. The
tryptophan 7-halogenases PrnA, RebH, and KtzQ halogenate tryptophan regioselectively
in the C7 position; the tryptophan 6-halogenases Thal, SttH, and Th-Hal prefer the C6 posi-
tion, while the tryptophan 5-halogenases PyrH and ClaH modify the C5 position [16–24].
It has also been shown that it is possible to switch regioselectivity by exchanging amino
acid residues. Following this strategy, Moritzer et al. redirected the regioselectivity of the
tryptophan 6-halogenase Thal to the C7 position [25]. A combination of directed evolution,
rational design, as well as site-saturation mutagenesis was also implemented for the design
of a thermostable Thal variant with stronger elevated activity [26].

All known flavin-dependent halogenases require FADH2 as a cofactor, whereas other
flavin derivatives like riboflavin and flavin-mononucleotide (FMN) are not accepted [27].
FADH2 is bound in the flavin binding site (motif GxGxxG) of the enzymes and reacts
with oxygen to give a flavin hydroperoxide (FAD–OOH). This is followed by a nucle-
ophilic attack of a halide forming hypohalous acid (HOX). The substrate binding site is
positioned far away from the flavin binding site, but both sites are connected by a 10 Å
long tunnel [28–30]. HOX passes through this tunnel, as verified by molecular dynamics
calculations [31]. Different amino acid residues in the substrate binding site, as well in
the tunnel, either interact with HOX or the substrate, while others are responsible for
positioning the substrate to effect regioselective halogenation. Yeh et al. [32] elucidated the
important role of a conserved lysine residue, e.g., K79 (PrnA) [28], K79 (RebH) [32], K83
(BrvH) [33], K74 (RadH) [34] that supposedly interacts with HOX. The potential formation
of a long-lived chloramine (Lys–NεH–Cl) is still under debate [32]. Alternatively, the
conserved lysine residue has been postulated to stabilize and position HOX by a hydrogen
bond [35]. In both cases, the electrophilic HOX species reacts with the substrate bound
to the substrate binding site. This leads to a Wheland intermediate in the course of elec-
trophilic aromatic substitution (SEAr), which is stabilized by highly conserved glutamic
acid (E346 (PrnA) [28]; E357 (RebH) [36]). The carboxylate group of the conserved glutamic
acid residue interacts with HOX or the chloramine, which increases electrophilicity and
aligns it for regioselective halogenation. Flavin-dependent halogenases with substrates
other than tryptophan do not possess the glutamic acid residue [37]. Other compounds,
such as phenols or pyrroles, might be more susceptible for halogenation by HOX or the
chloramine species [35]. The conserved amino acid motif WxWxIP is located at the flavin
binding domain, and is believed to block binding of the substrate near the flavin cofactor,
which suppresses monooxygenase activity of the enzymes [28,29,38].

Over the last years, several new flavin-dependent halogenases have been identified
and heterologously expressed in different host organisms, leading to integration of halo-
genated substrates in the biosynthetic production of host compounds [39–42]. PrnA was
the first flavin-dependent halogenase to be identified in 1997, within the pyrrolnitrin gene
cluster [42]. The tryptophan 7-halogenase RebH described in 2002 is responsible for the
chlorination of the secondary metabolite rebeccamycin [18]. By employing degenerative
primers for highly conserved motifs, Zehner et al. identified PyrH [23], and Fujimori et al.
identified KtzR and KtzQ [19] in different bacterial genomes, while Smith et al. retrieved
KrmI from a marine sponge metagenome [43]. With the advent of next-generation se-
quencing methods, many genomes and associated metagenomes have been sequenced,
and the obtained data led to the identification of many more halogenases, elucidated based
on these conserved amino acid regions [22,24,44–51]. Neubauer et al. created in 2018 a
profile hidden Markov model (pHMM), which led to the identification of several putative,
flavin-dependent halogenases in different metagenomic data sets [33]. One of them, BrvH,
was characterized with respect to halide and substrate preference in vitro, leading to the
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conclusion that it halogenates indole and indole derivatives, as well as phenol derivatives,
and prefers bromination over chlorination. BrvH was crystallized and revealed a structure
similar to Trp halogenases, in addition to an open substrate binding site, which might
lead to the acceptance of larger substrates, such as peptides [33,52]. BrvH was the first
reported flavin-dependent halogenase that accepts chloride and bromide with a preference
for bromination over chlorination. Only the phenol halogenases Bmp2 and Bmp5 had been
reported as brominases that do not accept chloride [46]. Ismail et al. identified three novel,
flavin-dependent halogenases from Xanthomonas campestris that exclusively brominate the
substrates indole, 7-azaindole, 5-hydroxytryptophan, tryptophol, and other heterocyclic
derivatives, even in the presence of an excess of chloride [51]. Like for BrvH, the crystal
structure of Xcc4156 from Xanthomonas campestris showed an open substrate binding site.
However, crystallization with FAD and bromide resulted in disruption of the crystal, which
leads to the conclusion that this binding leads to positive cooperativity and conformational
change [53].

Within the present work, the metagenomes of Botryococcus braunii communities were
screened for the presence of putative, flavin-dependent halogenases by applying the gener-
ated profile hidden Markov model (pHMM) [33]. Two of the identified novel halogenases
were heterologously expressed in E. coli and analysed in detail.

2. Results and Discussion
2.1. Identification and Analysis of Novel, Flavin-Dependent Halogenases from the Botryococcus
braunii Consortia

Since the utilization of hydrocarbons by microorganisms relies on a set of different
monooxygenases [54], we considered the microbial consortia accompanying the hydrocarbon-
secreting microalga Botryococcus braunii as a potential source for novel monooxygenases [55]
and potential halogenases. Botryococcus braunii is a colony-forming green microalga belong-
ing to the class Treboxiophyceae, which can be sub-divided into distinct races depending on
the type of hydrocarbon synthesized [56]. Botryococcus readily releases large amounts of
organic carbon into the extracellular medium [57], creating a phycosphere that naturally
attracts many microorganisms, including various taxa known to utilize hydrocarbons [58].

We screened metagenomic data sets of Botryococcus braunii consortia [59] for novel,
flavin-dependent halogenases by applying our pHMM strategy [33], which is based on the
PFAM database (http://pfam.xfam.org/, accessed on 8 April 2021) tryptophan–halogenase
model (Trp_halogenase, PF04820), to increase the scope of possible halogenases. The
metagenomes of four Botryococcus braunii consortia were analysed; they contained at
least 33 distinct bacterial species, as indicated by 16 S rDNA amplicon and metagenome
sequencing analyses [59]. For the analysis of the metagenomes, according to Neubauer
et al., the pHMM was employed, which was based on Trp halogenases and was optimised
in a two-step approach [33]. The analysis led to the identification of 18 complete and seven
partial putative flavin-dependent halogenase genes, which possess the known conserved
amino acid regions of Trp halogenases. With one exception, all halogenases found were
encoded in the genomes of alphaproteobacteria, while 16 belonged to the sphingomonads
genera, such as Sphingomonas and Sphingopyxis (Table 1).

A phylogenetic tree was constructed based on amino acid sequence to further analyse
the identified hits and to compare these to known flavin-dependent halogenases (Figure 1).
The phylogenetic analysis was conducted in MEGAX [60] by using the neighbour-joining
(NJ) method and a bootstrap of 1000 [61,62]. The phylogenetic tree is divided into five
groups of flavin-dependent halogenases. The phenol, pyrrol, and Trp halogenases build
their own clades, respectively.
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Table 1. Newly found putative, flavin-dependent halogenases with the conserved amino acid motif of Trp halogenases and
their taxonomic assignment, based on BLAST analyses (https://blast.ncbi.nlm.nih.gov; Basic Local Alignment Search Tool).

No. Length (bp) Complete Contig Location Phyla Putative Origin

1 225 no contig-391000007_2 Alphaproteobacteria Porphyrobacter
2 394 no contig-1913000010_2 Alphaproteobacteria Sphingopyxis
3 348 no contig-565000012_1 Alphaproteobacteria Caulobacter
4 272 no contig-1532000014_2 Alphaproteobacteria Sphingopyxis
5 503 yes contig-1000028_60 Alphaproteobacteria Sphingomonas
6 502 yes contig-1029000036_1 Alphaproteobacteria Sphingopyxis
7 501 yes contig-3201000046_41 Gammaproteobacteria Stenotrophomonas
8 511 yes contig-2000047_22 Alphaproteobacteria Sphingomonas
9 501 yes contig-2000047_33 Alphaproteobacteria Sphingomonas
10 533 yes contig-2000047_110 Alphaproteobacteria Sphingomonas
11 505 yes contig-2000047_112 Alphaproteobacteria Sphingomonas
12 501 yes contig-2000047_113 Alphaproteobacteria Sphingomonas
13 418 no contig-1419000070_1 Alphaproteobacteria Caulobacter
14 359 no contig-832000073_1 Alphaproteobacteria Porphyrobacter
15 501 yes contig-252000084_3 Alphaproteobacteria Sphingopyxis
16 501 yes contig-2000086_90 Alphaproteobacteria Brevundimonas
17 443 no contig-2264000090_1 Alphaproteobacteria Sphingopyxis
18 521 yes contig-16000092_39 Alphaproteobacteria Sphingomonas
19 502 yes contig-867000143_2 Alphaproteobacteria Caulobacter
20 513 yes contig-3212000146_163 Alphaproteobacteria Sphingomonas
21 512 yes contig-3212000146_164 Alphaproteobacteria Sphingomonas
22 553 yes contig-3212000146_184 Alphaproteobacteria Sphingomonas
23 493 yes contig-1000154_7 Alphaproteobacteria Sphingomonas
24 522 yes contig-981000159_36 Alphaproteobacteria Brevundimonas
25 516 yes contig-981000159_37 Alphaproteobacteria Brevundimonas
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Noteworthy, Bmp5 is outside the phenol halogenase clade, although it is a phenol
halogenase. However, it also possesses flavin reductase activity, which might be the
reason for building its own clade [46]. The newly identified hits from the B. braunii bac-
terial consortia cluster close to Trp halogenases, but build their own clade together with
BrvH. BrvH was found to be very similar to hits 24 and 21 (pairwise identity of 95%
and 64%, respectively), which represent flavin-dependent halogenases encoded in the
metagenome-assembled genomes (MAG 10 and MAG 21, respectively [59]) of Brevundi-
monas and Sphingomonas. Thus, these enzymes might represent their own group within
the flavin-dependent halogenases with likely similar substrate preferences. According to
antiSMASH analyses (antibiotics & Secondary Metabolite Analysis Shell [63]), both MAGs
encode several metabolic gene clusters for bacteriocins and antibiotic compounds [59,64]. In
addition, the MAG similar to Sphingomonas contains a gene cluster potentially responsible
for siderophore synthesis.

We decided to investigate the identified gene 21 (J) from Sphingomonas. However,
during the gene cluster analysis, the presence of another flavin-dependent halogenase
gene (20, I) located upstream to 21 (J) was detected (Figure 2). Some of the known flavin-
dependent halogenases have been reported to originate from the same gene cluster, e.g.,
PrnA and PrnC that play a role in pyrrolnitrin biosynthesis [42]. Bmp2 and Bmp5 likewise
halogenate different building blocks in the biosynthesis of natural, polybrominated marine
products [41]. KtzR and KtzQ act together in the biosynthesis of kutzneride. In this case,
KtzQ is responsible for the chlorination of tryptophan at C7, while KtzR catalyses the
second halogenation to give 6,7-dichlorotryptophan. KtzR also catalyses chlorination of
tryptophan but possesses a higher affinity to 7-chlorotryptophan [19].
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Figure 2. Gene cluster in the vicinity of hit 21 (J; SpH1) in the metagenome-assembled genome (MAG) 21 of the B. braunii
bacterial consortia. Another flavin-dependent halogenase gene, sph2 (J), was identified upstream to sph1 (I). The genes I, J,
K, and L were found to be encoded on the same contig in the metagenomics dataset.

Since many flavin-dependent halogenases originating from the same gene cluster were
reported to act in concert [17,19,46], both putative, flavin-dependent halogenases 21 (J) and
20 (I)—in the following named SpH1 (21) and SpH2 (20)—were heterologously expressed
in E. coli and subjected to further analyses. Both enzymes possess the typical conserved
amino acid regions of flavin-dependent halogenases like the flavin binding domain and
the conserved lysine residues. However, both show 42% pairwise identity to each other,
while the pairwise identity to BrvH was 64% for SpH1 and 42% for SpH2. The amino acid
sequences are provided in the Supplementary Materials.
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2.2. In Vitro Experiments with the Flavin-Dependent Halogenases SpH1 and SpH2
2.2.1. Determination of Halogenation Activity and Substrate Scope

In order to confirm that the identified genes are active halogenating enzymes, exper-
iments with the novel enzymes were conducted in vitro. The genes sph1 and sph2 were
heterologously expressed in E. coli, together with the chaperone system GroEL/GroES. Both
enzymes were obtained in soluble form in high concentrations (Supplementary Materials).
For the substrate screening, the previously established reaction conditions, with a cofactor
regeneration by flavin reductase (PrnF), and Rhodococcus ruber alcohol dehydrogenase
(RR-ADH), were used [3]. Indole and L-tryptophan were the first tested substrates, because
SpH1 and SpH2 are similar to BrvH in brominating indole [33]. Similar to the activity ob-
served for BrvH, SpH1 and SpH2 catalyse the bromination of indole, but not L-tryptophan
(Figure 3), thus revealing that both novel identified enzymes represent active halogenases.

Catalysts 2021, 11, x FOR PEER REVIEW 6 of 20 
 

 

(J) and 20 (I)—in the following named SpH1 (21) and SpH2 (20)—were heterologously 
expressed in E. coli and subjected to further analyses. Both enzymes possess the typical 
conserved amino acid regions of flavin-dependent halogenases like the flavin binding do-
main and the conserved lysine residues. However, both show 42% pairwise identity to 
each other, while the pairwise identity to BrvH was 64% for SpH1 and 42% for SpH2. The 
amino acid sequences are provided in the Supplementary Materials. 

2.2. In Vitro Experiments with the Flavin-Dependent Halogenases SpH1 and SpH2 
2.2.1. Determination of Halogenation Activity and Substrate Scope 

In order to confirm that the identified genes are active halogenating enzymes, exper-
iments with the novel enzymes were conducted in vitro. The genes sph1 and sph2 were 
heterologously expressed in E. coli, together with the chaperone system GroEL/GroES. 
Both enzymes were obtained in soluble form in high concentrations (Supplementary Ma-
terials). For the substrate screening, the previously established reaction conditions, with a 
cofactor regeneration by flavin reductase (PrnF), and Rhodococcus ruber alcohol dehydro-
genase (RR-ADH), were used [3]. Indole and L-tryptophan were the first tested substrates, 
because SpH1 and SpH2 are similar to BrvH in brominating indole [33]. Similar to the 
activity observed for BrvH, SpH1 and SpH2 catalyse the bromination of indole, but not L-
tryptophan (Figure 3), thus revealing that both novel identified enzymes represent active 
halogenases. 

 
Figure 3. Reverse-phase high-performance liquid chromatography (RP-HPLC) profiles (detection 
at 280 nm) of the conversions of 1 mM indole or 1 mM L-tryptophan by SpH1 (A) and SpH2 (B) in 
presence of 100 mM NaBr as a halide source. Rhodococcus ruber alcohol dehydrogenase (RR-ADH) 
and flavin reductase PrnF were used for cofactor regeneration. Retention times differ due to differ-
ent HPLC methods. (A) SpH1 (HPLC method 1); (B) SpH2 (HPLC method 2). SpH1 had com-
pletely halogenated indole (retention time tR: 3.2 min) after 48 h of incubation to give bromoindole 
(tR: 3.8 min), but L-tryptophan (tR: 2 min) was not converted. SpH2 catalyses the halogenation of 
indole (tR: 4.4 min) to give bromoindole (tR: 5.1 min) and dibromoindole (tR: 5.6 min), without con-
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Figure 3. Reverse-phase high-performance liquid chromatography (RP-HPLC) profiles (detection
at 280 nm) of the conversions of 1 mM indole or 1 mM L-tryptophan by SpH1 (A) and SpH2 (B) in
presence of 100 mM NaBr as a halide source. Rhodococcus ruber alcohol dehydrogenase (RR-ADH)
and flavin reductase PrnF were used for cofactor regeneration. Retention times differ due to different
HPLC methods. (A) SpH1 (HPLC method 1); (B) SpH2 (HPLC method 2). SpH1 had completely
halogenated indole (retention time tR: 3.2 min) after 48 h of incubation to give bromoindole (tR:
3.8 min), but L-tryptophan (tR: 2 min) was not converted. SpH2 catalyses the halogenation of indole
(tR: 4.4 min) to give bromoindole (tR: 5.1 min) and dibromoindole (tR: 5.6 min), without converting
L-tryptophan (tR: 2.7 min).

The newly identified brominating enzymes belong to the class of flavin-dependent
halogenases. Both enzymes have the characteristic flavin binding module GxGxxG, the
conserved lysine residue (K85 and K81, respectively), and the WxWxIP motif suppressing
monooxygenase activity [33]. The reduced flavin (FADH2) reacts with molecular oxygen,
forming the FAD(C4a)-peroxide, which in turn reacts with halide ions under HOX for-
mation [2,5,28,29]. In contrast, heme- or vanadium-dependent haloperoxidases require
hydrogen peroxide and release the halogenating species hypohalous acid HOX into the
medium, which leads to unselective halogenation [2,65,66]. Flavin-dependent halogenases
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can be distinguished from haloperoxidases by the monochlorodimedon assay [67]. In this
assay, monochlorodimedon reacts with free HOX released by the haloperoxidase to give
rise to a dihalogenated derivative, which can be monitored photometrically. This test was
negative for both enzymes. The addition of catalase, which decomposes hydrogen peroxide
and would hence stop the halogenation reaction by haloperoxidases, did not negatively
affect the halogenation reaction, leading to the conclusion that SpH1 and SpH2 are not
haloperoxidases (Supplementary Materials). FAD reconstitution is another possibility for
the classification towards flavin-dependent halogenases [33,68]. SpH1 and SpH2 were
incubated with FAD overnight, and then the buffer was changed to a buffer without FAD,
leading to no free FAD in the solution. UV/Vis spectroscopy can be employed for the
detection of bound FAD in the enzymes. For both SpH1 and SpH2, the absorption band at
350 nm shifted to 348 nm, and the absorption band at 373 nm shifted to 360 nm, showing
that both enzymes bind FAD and can therefore be classified as flavin-dependent haloge-
nases (Supplementary Materials). The SpH1 mutant where the conserved lysine residue
K85 was replaced by an alanine (SpH1_K85A; Supplementary Materials) was completely
inactive. Hence, halogenase SpH1 depends on the lysine, which is known to be essential
for the flavin-dependent halogenases.

A pharmacophore model was adapted from a virtual screening methodology for BrvH,
and revealed 19 compounds halogenated by BrvH [52]. SpH1 is highly similar to BrvH and
clusters within one clade with BrvH. Therefore, its substrate scope might be similar as well.
In addition to indole and L-tryptophan, further substrates, such as tryptophan and indole
derivatives, as well as other aromatic compounds, were tested for halogenation by SpH1
and SpH2 (Figure 4). Twenty of the 26 accepted substrates represent indole derivatives,
but phenol derivatives (i.e., phenol (24), anthranilic acid (25), and 4-n-hexylresorcinol (18)),
azulene (17), and quinoxaline (22) were also accepted. Enzymatic conversion was verified
by reverse-phase high-performance liquid chromatography (RP-HPLC), as well as mass
analysis (Supplementary Materials).

SpH1 and SpH2 were immobilised as CLEAs to convert higher amounts of substrate,
in order to identify their regioselectivity. The halogenases and cofactor-regenerating en-
zymes were immobilised together using glutaraldehyde, and the CLEAs were incubated
for 10 to 14 days with substrate. The obtained product was purified and analysed by NMR
spectroscopy. Mass spectrometry (MS) analyses revealed the correct isotopic pattern of
the brominated products (Supplementary Materials). All indole derivatives analysed so
far are halogenated at C3, if this position is unsubstituted. Only when a non-hydrogen
substituent is present at C3, halogenation occurs at C2 (Figure 4). The C3 and C2 posi-
tions are electronically the most favored positions for electrophilic substitution within the
indole ring [69]. Likewise, PrnA and RebH halogenate indole and some derivatives in
the most activated position. The regioselectivity strongly depends on the substrate and
its position in the active site [3,70]. SpH2 is also able to halogenate 2,3-methylindole. In
this case, it halogenates the substrate at C6, but also a minor side product halogenated
at C5 was observed, leading to the conclusion that SpH2 is not strictly regiospecific for
2,3-methylindole.

Furthermore, SpH1 and SpH2 show higher bromination activity compared to chlo-
rination activity. They brominated 1 mM indole to 100% within 48 h, while SpH1 under
similar conditions chlorinated only to 10%, and SpH2 to 17%. Interestingly, dichlorinated
product was not found for SpH2. The brominated, as well as the chlorinated products,
were verified via ESI-MS or liquid chromatography LC-MS analyses (SpH1: positive mode:
[C8H6BrN]+, calcd. 195.97 (79Br), 197.97 (81Br), obs. [M+H]+ 195.55/197.53; negative mode:
[C8H6ClN]−, calcd. 150.02 (35Cl), 152.02 (37Cl), obs. [M-H]− 150.01/152.01; SpH2: neg-
ative mode: [C8H6BrN]−, calcd. 193.97 (79Br), 195.97 (81Br), obs. [M-H]− 193.96/195.95;
[C8H6ClN]−, calcd. 150.02 (35Cl), 152.02 (37Cl), obs. [M-H]− 150.01/152.01).
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Figure 4. Halogenated substrates by SpH1 and SpH2. The conversions were calculated by determining the ratio of the peak
areas of substrates and products. The position of halogenation was determined for 10 substrates by NMR analysis (red:
SpH1 and SpH2, green: SpH1, and blue: SpH2). SP: different unidentified side products; P1, P2: two monobrominated
products at a ratio of P1/P2.; NP: side product.

SpH1 and SpH2 are thus similar to BrvH and the Xcc halogenases Xcc4156, Xcc1333,
and Xcc4345, which all prefer bromination over chlorination [33,51]. Noteworthy, the Xcc
halogenases, SpH1, and SpH2 originate from terrestrial habitats, but favour bromination
over chlorination. The Xcc halogenases were identified in Xanthomonas campestris, which
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is a plant pathogen [51], and SpH1 and SpH2 originate from B. braunii consortia, which
mainly inhabit fresh water [57]. Usually, it is presumed that because of the higher bromide
concentration in sea water, bromination is preferred in marine habitats, while halogenases
from terrestrial habitat would favour chlorination [71].

In 2019, the Lewis group identified many flavin-dependent halogenases via family-
wide activity profiling, and most of them preferred bromination over chlorination [72]. The
group postulated that bromination activity is more widespread than chlorination activity
of flavin-dependent halogenases, which matches our data. However, even RebH, which
chlorinates its natural substrate tryptophan, was shown in competition experiments to
prefer bromination [72]. Therefore, it is also possible that SpH1 and SpH2 chlorinate their
natural substrate.

However, the natural substrates of SpH1 and SpH2 are yet unknown. SpH2 accepts
larger substrates, such as (3-indolyl)acetic acid (19), 3-(3-indolyl)propionic acid (21), and
tryptophol (20). This possible substrate group could be represented by auxins, pivotal plant
hormones (also called phytohormones), with (3-indolyl)acetic acid (IAA) (19) as one of the
best characterised class of regulators [73,74]. The chlorinated form of auxin, (4-chloro-3-
indolyl)acetic acid (4-Cl-IAA), is a highly active hormone that is thought to play a key role in
early pericarp growth [75] and fruit development in peas [76]. Auxins also represent a key
modulator of plant–bacteria interactions with the bacterial ability to synthesise, e.g., IAA
being an attribute for both promoting plant growth and phytopathogenic effects [77]. So far,
however, there is no evidence in the literature about brominated auxins in nature, although
the chemical synthetic bromination of (3-indolyl)acetic acid has been reported [78]. Another
interesting hint towards possible natural substrates is represented by the gene located
downstream next to sph1 (Hit 21; J), which encodes for a catecholate siderophore receptor
(Figure 2). Since the MAG similar to Sphingomonas also contains at least one metabolic
gene cluster potentially responsible for siderophore synthesis (Supplementary Materials),
siderophores may represent another potential substrate for the halogenases SpH1 and
SpH2. Siderophores possess phenol moieties, which might be halogenated by SpH1 and
SpH2, since it was shown that these are able to halogenate 4-n-hexylresorcinol (18), phenol
(24), and anthranilic acid (25) (Figure 4). In addition to iron scavenging, siderophores
can have many alternative functions, including non-iron-metal transport, signaling, and
antibiotic activity functions [79]. The halogenation of siderophores is common in nature;
for instance, two Streptomyces siderophores, chlorocatechelins A and B, have been reported
to contain chlorinated catecholate groups [80].

2.2.2. Investigation of Mono- and Dibromination Activity

Interestingly, SpH1 only catalyses monobromination, while SpH2 is able to catalyse
both mono- and dibromination of indole and its derivatives (Figure 4). Kinetic mea-
surements showed that SpH2 has a negligibly higher specific activity towards indole
(4.2 ± 0.03 mU/mg) than towards 3-bromoindole (3.8 ± 0.45 mU/mg). In comparison,
the specific activity of SpH1 towards indole is 3.0 ± 0.7 mU/mg. The synergistic coop-
eration of two enzymes in the halogenation process is known in the literature [17,19,46].
PrnA and PrnC have been identified as catalysing the chlorination of tryptophan and
monodechloroaminopyrrolnitrin in the biosynthesis cluster of pyrrolnitrin. PrnC cataly-
ses the chlorination of monodechloroaminopyrrolnitrin, halogenated by PrnA in the first
step [17,28]. Another example is the biosynthesis of kutzneride, which includes KtzQ and
KtzR [19].

SpH1 and SpH2 were evaluated in silico for unveiling the dibrominating ability
exhibited by SpH2. Since no crystal structure was available for either of the two enzymes,
the homology model was built using YASARA structure (www.yasara.org; 2020) for in
silico study of the novel halogenases. SpH2 exhibited a wider active site pocket with an
area of 136.8 Å2, compared to SpH1 with 77.39 Å2 (Figure 5 and Supplementary Materials).
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Figure 5. Active site pocket area for the apo-, indole-, and 3-bromoindole-docked SpH2 and SpH1
halogenases, showing the flexibility of SpH2 in accommodating 3-bromoindole, unlike SpH1.

The active site pockets of both halogenases differ in their geometry, as does their
depth within the pocket for reaching the conserved amino acid residues (Lys and Glu).
The SpH1 active site pocket is deeper compared to SpH2, with the loop containing the
conserved glutamic acid residue (Glu348) being displaced backwards. On the other hand,
the SpH2 active site pocket is wider and not as deep as that of SpH1; still, the pocket is
extended to allow the substrate to reach the conserved Lys residue ( Figures 6 and 7, and
Supplementary Materials).
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Figure 6. Superimposed homology model of SpH2 (grey) and SpH1 (red) after 1ns molecular
dynamics (MD) simulation, showing the active site cavity in wireframe (in dashed-line box). The
conserved active site lysine residues 81 and 85 in SpH2 and SpH1, respectively, are shown.

Indole was docked into both models to indicate its flexibility and expansion within the
active site pocket of SpH2. The docked substrates were then subjected to MD simulation to
further understand the changes that might occur as a result of indole binding to the active
site. Obvious differences were detected in the size of the active site pockets containing
indole after MD simulation, where the SpH2 active site was expanded to allow the binding
of bulkier substrates, thus showing that the active site is flexible. However, SpH1 was not
largely expanded, indicating less flexibility to accommodate larger substrates. Both cases
showed H-bond formation with the indole NH group (with Ser445 in SpH1 and Ser442 in
SpH2; Figures 5 and 7, and Supplementary Materials). Furthermore, the binding affinity of
the docked indole towards both enzymes revealed a slight preference for SpH2 over SpH1
(Table 2), which corresponds to the specific activity calculated for SpH2 towards indole
compared to SpH1.
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Figure 7. Superimposed homology model of SpH2 (grey) and SpH1 (red) with the docked indole
after 1 ns MD simulation. The active site cavity is shown in wireframe (surrounded by dashed-line
box). In both cases, an H-bond formed between indole NH and Ser442 and Ser445 in SpH2 and
SpH1, respectively.

Table 2. Binding affinity of indole and 3-bromoindole to the active site of SpH2 and SpH1.

Enzyme/Substrate Mode Binding Affinity
[kJ/mol]

SpH2/indole 3 22.9
SpH1/indole 9 20.1

SpH2/3-bromoindole 5 22.5
SpH1/3-bromoindole 11 19.4

In addition, 3-bromoindole was docked into the homology models. Higher affinity
towards 3-bromoindole was detected for SpH2 over SpH1, which provides further evidence
for the dibromination ability of SpH2 (Table 2). In addition, the size of the active site pocket
in the case of SpH2 was significantly expanded compared to the active site pocket of
SpH1 (Figure 5 and Figure SI9), which is more rigid, and hence would prohibit further
bromination of the 3-bromoindole (Figure 8).
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Figure 8. Superimposed homology model of SpH2 (grey) and SpH1 (red) with the docked 3-
bromoindole after 1 ns MD simulation. The active site cavity is shown in wireframe (surrounded by
a dashed-line box). In both cases, an H-bond is formed between indole NH and Gly442 in SpH2 and
Ser445 in SpH1.

The in silico simulation of the SpH1 and SpH2 homology models underlines our
findings that SpH2 is able to catalyse dihalogenation. Both SpH1 and SpH2 originate from
one gene cluster, and therefore could act in concert and interact with each other. SpH1 has
a deeper but less flexible active site pocket, which is likely to be suitable for the binding of
smaller substrates like indole, while SpH2 features a wider and more flexible active site
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pocket, likely accommodating bulkier substrates, as well as the dibromination observed
with some substrates.

3. Materials and Methods

Solvents and chemicals were, unless otherwise specified, of analytical grade (p.a.)
and purchased from commercial suppliers. Chemicals such as iso-propanol, acetonitrile,
sodium chloride/bromide, ethanol, and methanol were purchased from VWR Chemicals
(Darmstadt, Germany) and L-arabinose, NADH/NAD, FAD and glutaraldehyde from Carl
Roth (Karlsruhe, Germany). Antibiotics were obtained from Fisher Scientific (Waltham,
MA, USA; ampicillin sodium salt), AppliChem (Darmstadt, Germany; chloramphenicol)
and Carl Roth (Karlsruhe, Germany; kanamycin sulfate).

Chemicals for substrate assays were acquired at Acros Organics (Fair Lawn, NJ,
USA; indole, indazole, 5-cyanoindole, 3-(3-indolyl)propionic acid, indole-3-carbaldehyde,
trypthophan, tryptamine, tryptophol), Sigma Aldrich (Darmstadt, Germany; 2-methylindole,
4-hydroxybenzoic acid, 5-aminoindole, 5-bromoindole, indole-2-carboxylic acid, phenylala-
nine, phenol, 7H-pyrolo[2,3-d]pyrimidine, quinoxaline), Alfa Aesar (Kandel, Germany; 2,3-
dimethylindole, 3-methylindole, 4-n-hexylresorcinol, 5-hydroxyindole, 5-fluoroindole, 5-
methylindole, azulene, indole-3-acetonitrile, (3-indolyl)acetic acid, indole-5-carbaldehyde,
indole-5-carboxylic acid, 5-hydroxytryptophan hydrate, naphthylacetic acid), Maybridge
(Altrincham, UK; 5-nitroindole), Carl Roth (Karlsruhe, Germany; 7-azaindole) and Fluo-
rochem (Derbyshire, UK; benzoxazole).

The plasmid pClBhis–prnF encoding the flavin reductase PrnF from Pseudomonas
fluorescens, was donated by Prof. Dr. Karl-Heinz van Pée, Technical University Dresden,
and the plasmid vector pET-21–adh encoding the alcohol dehydrogenase from Rhodococcus
ruber (RR-ADH) was kindly provided by Prof. Dr. Werner Hummel, Bielefeld University.
The plasmid pGro7 coding for the chaperone system GroEL–GroES was purchased from
TaKaRa Bio Inc. E. coli DH5 and E. coli BL21 (DE3) were purchased from Novagen.

3.1. Analytics
3.1.1. Analytical, Reverse-Phase High-Performance Liquid Chromatography (RP-HPLC)

For analytical, reverse-phase high performance liquid chromatography, two different
methods were employed.

With method 1, reactions were monitored using a Thermo Scientific (Waltham, MA,
USA) Accela 600 with NUCLEOSHELL RP 18 column 18.5 µm from Macherey-Nagel
(Düren, Germany; 150 × 2.1 mm, eluent A: H2O/CH3CN/TFA = 95.0:5.0:0.1; eluent B:
H2O/CH3CN/TFA = 5.0:95.0:0.1, flow rate 900 µl/min,; 0–1 min 100% eluent A, 1–6 min
linear gradient to 100% eluent B, 6–7 min 0% eluent A, 7–7.5 min back to 100% eluent A,
7.5–9 min 100% eluent A).

With method 2 for analytical RP-HPLC analysis a Shimadzu (Duisburg, Germany) Nex-
era XR chromatography system was employed (Luna C18(2) column (3 µM, 100 Å, LC column,
100 × 2 mm) from Phenomenex (Aschaffenburg, Germany; eluent A: H2O/CH3CN/TFA
= 95.0:5.0:0.1; eluent B: H2O/CH3CN/TFA = 5.0:95.0:0.1; flow rate 650 µL/min; 0–5.5 min
linear gradient to 95% eluent B, 5.5–6.0 min 95% eluent B, 6.0–6.1 min back to 95% eluent A,
6.1–9.0 min 95% eluent A).

3.1.2. Preparative, Reverse-Phase High-Performance Liquid Chromatography (RP-HPLC)

For the isolation and purification of products, a Merck-Hitachi (Darmstadt, Ger-
many) LaChrom RP-HPLC system was employed. Separation of the products was con-
ducted using a Hypersil Gold C18 column (8 µM, 250 × 21.2 mm) from Thermo Scientific
(Waltham, MA, USA). Absorbance was measured simultaneously at 220 nm, 254 nm, and
280 nm. The setup was as follows: eluent A, H2O/CH3CN/TFA = 95.0:5.0:0.1; eluent B,
H2O/CH3CN/TFA = 5.0:95.0:0.1; flow rate = 10 mL/min; 0–45 min linear gradient to 100%
eluent B; 45–50 min 100% eluent B; 50–55 min 100% eluent A.
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3.1.3. High-Performance Liquid Chromatography–Mass Spectrometry (HPLC-MS)

For the identification of products by electrospray ionisation, a high-performance
liquid chromatography–mass spectrometry (HPLC-MS) system consisting of an Agilent
1200 HPLC system and a 6220 TOF mass spectrometer (Agilent Technologies, Santa Clara,
CA, USA) was used, with the following setup: solvent A, H2O/CH3CN/FA = 95.0:5.0:0.1;
solvent B, 5.0:95.0:0.1; flow rate = 0.3 mL/min, with a linear gradient from 0% to 98% B
over 10 min, 1 min at 98% B, and back to 0% B for 5 min.

3.1.4. Gas Chromatography–Mass Spectrometry (GC-MS)

For gas chromatography–mass spectrometry (GC-MS) analysis, a system consist-
ing of a Trace GC Ultra gas chromatograph (Thermo Scientific, Waltham, MA, USA)
and an ITG900 mass spectrometer from Thermo Finnigan (20 measurements per minute,
50 ± 750 m/z) was applied. Separation of the products was conducted using a VF-5 column
(0.25 µM, 30 m × 0.25 mm, 5% diphenylsiloxan, 95% dimethylsiloxan) from Thermo Sci-
entific (Waltham, MA, USA). Helium was used as the mobile phase, with a temperature
gradient of 5 ◦C/min from 80 ◦C to 325 ◦C.

3.1.5. Nuclear Magnetic Resonance (NMR) Spectroscopy

NMR spectra were recorded on an Avance 500 (1H: 500 MHz, 13C: 126 MHz) or
a DRX-500 spectrometer (1H: 500 MHz, 13C: 126 MHz) (Bruker, Billerica, MA, USA).
Chemical shifts are reported relative to residual solvent peaks (DMSO-d6: 1H: 2.5 ppm; 13C:
39.5 ppm).

3.2. Bioinformatic Analysis
3.2.1. Metagenomic Analysis for the Detection of Flavin-Dependent Halogenases

Metagenomic datasets of Botryococcus braunii consortia, deposited under the Bio-
ProjectID PRJEB26344 [59], were used for the search of novel flavin-dependent haloge-
nases. The analyses were performed according to the previously described pHMM strat-
egy [33], which is based on the PFAM (http://pfam.xfam.org, 2016) tryptophan–halogenase
model (Trp_halogenase, PF04820). The dataset of the MAG21 (similar to the genus Sphin-
gomonas) can be found under the deposited BioProject ID PRJEB26345 [59], and was used
for the antiSMASH (https://antismash.secondarymetabolites.org, 2020) analysis (using
default settings) [63]. Amino acid sequence alignments were performed using NCBI (
www.ncbi.nlm.nih.gov, accessed on 8 April 2021, Bethesda, MD, USA, 2020) NR [81] and
MultAlin [82]. The assignment of the active sites of the enzymes was accomplished on the
basis of the published information for RebH and PrnA [29,32,36].

3.2.2. Phylogenetic Analysis

Phylogenetic analyses were performed with MEGA7 (www.megasoftware.net, ac-
cessed on 8 April 2021) [60], based on protein alignment (MUSCLE) [83], neighbour joining
(NJ) method, and a bootstrap of 1000 [61,62].

3.3. In Vitro Enzyme Assays
3.3.1. Vector Construction and Molecular Cloning

Gene synthesis of the putative halogenase genes spH1 and spH2 was ordered from
ThermoFisher GeneArt (Waltham, MA, USA). The genes pMA-T-spH1 and pMA-T-spH2
were codon-optimised for E. coli and provided with restriction sites (BamHI and NdeI
(New England BioLabs, Frankfurt am Main, Germany)). The synthetic genes were cloned
into pET28a expression vectors and transformed in E. coli BL21 (DE3) pGro7.

3.3.2. Heterologous Protein Expression and Purification

A total of 1.5 L of Luria-Bertani medium, containing 60 µg/mL kanamycin and
50 µg/mL chloramphenicol, was inoculated with 2% of an overnight culture of E. coli
BL21 (DE3) pGro7 pET28a-spH1 or pET28a-spH2, and incubated at 37 ◦C until reaching
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an optical density (OD600) of 0.4. The temperature was decreased to 25 ◦C for 30 min,
and overexpression was induced by the addition of isopropyl-β-D-thiogalactopyranoside
(0.1 mM) and L-arabinose (2 g/L). After cultivation for a further 22 h at 150 rpm, cells were
harvested by centrifugation (4200× g, 1 h, 4 ◦C), washed with 100 mM Na2HPO4 buffer
(pH 7.4), and stored at −20 ◦C.

Expression of alcohol dehydrogenase RR-ADH and flavin reductase PrnF was per-
formed as previously described [3].

The cells from 1.5 L cultivation were resuspended in 30 mL of 100 mM Na2HPO4 buffer
(pH 7.4) and lysed by French Press (three times, 1000 psig). Cell debris was removed by
centrifugation (10,000× g, 30 min, 4 ◦C), and soluble protein was filtered through a 0.2 µM
Whatman filter. The purification of the hexahistidin-tagged proteins was performed via a
HisTALON matrix. The lysate was loaded on HisTALON agarose affinity resin (TaKaRa
Bio Inc., Saint-Germain-en-Laye, France) and washed with 10× column volume (CV) with
100 mM Na2HPO4 buffer (pH 7.4), and 10 × CV 50 mM Na2HPO4 buffer (pH 7.4) with
300 mM NaBr and 10 mM imidazole. The proteins were eluted with 50 mM Na2HPO4
buffer (pH 7.4), 300 mM NaBr, and 300 mM imidazole and collected in 0.75 mL fractions.
After determination of the protein concentration by NanoDrop UV spectroscopy (Thermo
Scientific, Waltham, MA, USA), fractions with the purified proteins were pooled and
desalted via a HiTrap Desalting column, with 50 mM Na2HPO4 buffer (pH 7.4) and
50 mM NaBr.

3.3.3. Enzymatic Halogenation/Enzyme Assay with Purified Protein on an
Analytical Scale

The activities of PrnF and ADH were determined as published by Frese et al. [3]. The
halogenation activities of SpH1 and SpH2 towards different substrates were carried out for
48 h at 25 ◦C and 500 rpm in a total volume of 0.5 mL, containing 1.25 mg/mL enzyme,
1 mM substrate, 1 µM FAD, 100 µM NAD, 100 mM NaBr/NaCl, RR-ADH (2 U/mL) PrnF
(2.5 U/mL), 5% (v/v) iso-propanol, and 100 mM Na2HPO4 buffer (pH 7.4) [33,52]. Samples
were quenched by adding an equal volume of methanol. Reactions were analysed by
analytical RP-HPLC and HPLC-MS.

3.3.4. Determination of Specific Activity

Halogenation reactions, as described in Section 3.3.3., were carried out with 0.05 mM
substrate and 10 µM enzyme. Samples were taken at 5 min intervals over a 20 min time
period, and then the enzyme reaction was stopped with 1:1 methanol/water (v/v). The
determination was carried out in triplicate, reactions were analysed by analytical RP-HPLC,
and conversion rates (v) were calculated. With this in hand, the specific activity can be
calculated using the following:

speci f ic activity
[

mU
mg

]
=

v
cE·ME

× 109 (1)

where cE is the enzyme concentration (10 µM) and ME is the enzyme mass (g/mol).

3.3.5. Catalase Activity Assay

Catalase from bovine liver lyophilised powder (2000–5000 units/mg protein; Sigma
Aldrich, Darmstadt, Germany) at a final concentration of 100 U/mL was additionally added
to the reaction mixture, and the procedure continued as described above to determine the
FAD dependency of SpH1 and SpH2 [33].

3.3.6. Enzymatic Halogenation with Immobilised Protein on a Preparative Scale

For the isolation and analysis of halogenated products on a preparative scale, cross-
linked enzyme aggregates (CLEAs), as described by Frese et al. [1], were used.

The E. coli BL21 (DE3) pGro7 cells from a 1.5 L cultivation containing SpH1 and SpH2
were resuspended in 30 mL 100 mM Na2HPO4 buffer (pH 7.4) and lysed by French Press
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(three times, 1000 psig). After centrifugation (30 min, 10,000× g, 4 ◦C), the cell lysate was
divided in two equal parts, and PrnF (2.5 U/mL) and RR-ADH (1 U/mL) were added.
Precipitation of the proteins was carried out by adding ammonium sulfate (8.1 g, 95%
saturation), followed by incubation for 1 h at 4 ◦C in a tube rotator. Glutaraldehyde (1.5 mL,
0.5% (w/v)) was added for cross-linking, and the mixture was further kept for 2 h at 4 ◦C.
The CLEAs were centrifuged and washed three times with 30 mL of 100 mM Na2HPO4
buffer (pH 7.4). The pH of the reaction buffer for the biocatalysis with CLEAs containing,
1.5 mM substrate, 1 µM FAD, 100 µM NAD, 30 mM NaBr/NaCl, and 5% (v/v) and 15 mM
Na2HPO4, was adjusted with phosphoric acid to pH 7.4. Finally, CLEAs were added to
reaction buffer in a final volume of 500 mL, and incubated for up to 10 days (until no further
conversion was visible at the analytical RP-HPLC) at 25 ◦C and 150 rpm. The reaction
mixture was filtered and extracted three times with 250 mL dichloromethane. The organic
phase was dried over magnesium sulfate and evaporated. Before the characterisation
of the halogenated products with HPLC-MS, analytical HPLC, and NMR, the remaining
substance was purified over preparative RP-HPLC and lyophilised.

3.3.7. FAD Reconstitution

For FAD reconstitution, the buffer of the purified proteins was exchanged to FAD
reconstitution buffer (50 mM Na2HPO4, 150 mM NaBr, 1 mM FAD, pH 7.4) using a HiTrap-
Desalting column and incubated overnight at 4 ◦C on a rocking shaker. The proteins were
washed three times with 50 mM Na2HPO4 (pH 7.4) and 150 mM NaBr to remove free FAD,
and concentrated to a final volume of 400 µL in an Amicon Ultra-4 centrifugal filter device
with a 50 kDa cutoff. To determine the degree of occupation, UV/Vis spectra of the proteins
were measured in a quartz cuvette (Suprasil, Hellma, Müllheim, Germany) with a path
length of 1 cm, using a Shimadzu (Duisburg, Germany) UV-2450 spectrometer [33].

3.4. In Silico Study Using YASARA

The homology models of SpH1 and SpH2 were built using YASARA structure (
www.yasara.org, 2020) [84]. the built models were further energy minimised before MD
simulation and the docking study [85]. The structures of indole and 3-bromoindole were
built with YASARA structure and energy-minimised using YASARA 2 force field before
using in the docking experiments.

MD simulations were run for the homology models of both enzymes for 1 ns using
YASARA structure [86]. The simulation cell was extended by 10 Å around the whole
model and filled with randomly-oriented water molecules with a density of 0.99 g/mL. The
force field AMBER14, with 10 Å for cut off and particle mesh Ewald (PME) for long-range
electrostatic, was used for running the simulation. The stability of the homology models
was monitored by the root mean square deviation (RMSD) of the alpha carbon of the
models throughout the simulation time.

Docking of either indole or 3-bromoindole was performed by YASARA structure,
using Autodock for the MD simulated models of SpH1 and SpH2 [87]. The simulation cell
was defined around the whole homology model of both enzymes. Docking results were
analysed based on the binding energy (B-factor) calculated by YASARA structure and the
interaction of the substrate with the amino acid residues of the active site pocket.

The docked models with indole or 3-bromoindole were further subjected to MD
simulation using the previously mentioned parameters.

The size of the active site pocket cavity was determined using the Computed Atlas
of Surface Topography of proteins (CASTp) (http://sts.bioe.uic.edu/castp/, 2020) for the
free and docked homology models before and after MD simulation [88].

4. Conclusions

Flavin-dependent halogenases are the focus of research because of their enormous
potential for the regioselective halogenation of organic compounds, leading to products
with profound biological activity. In the present study, using our hidden Markov model
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(pHMM), we screened bacterial associates of the B. braunii consortia (PRJEB21978) and iden-
tified 25 complete and partial putative, flavin-dependent halogenase genes. Interestingly,
all newly identified genes were found to form a distinct clade, together with previously
characterised BrvH, potentially indicating a similar substrate preference. Two selected
flavin-dependent halogenases (SpH1 and SpH2), derived from one gene cluster of Sphin-
gomonas sp., were subjected to a screening with different compounds, and 26 substrates
were found to become halogenated (Figure 4). In accordance with recent findings, as well as
with the activity performance of BrvH, both enzymes were observed to prefer bromination
over chlorination. Notably, SpH2 is capable of dibrominating substrates, while SpH1 can
only monobrominate. Moreover, the simulation in silico using YASARA homology models
revealed that SpH1 possesses a deeper but less flexible active site pocket, while SpH2
features a wider and more flexible active site pocket. This explains the ability of SpH2 to
halogenate bulkier substrates, as well as catalyse dibromination. Both were identified in
one gene, which suggests that the newly identified flavin-dependent halogenases could act
in concert and interact with one another. Likewise, other known flavin-dependent haloge-
nases originating from one gene cluster, such as the correlates PrnA/PrnC, Bmp2/Bmp5,
or KtzR/KtzQ, act in concert for the biosynthesis of multiple halogenated compounds.
SpH1 and SpH2 accepted, in total, 26 different indole and phenol derivatives. Interest-
ingly, both accepted 4-n-hexylresorcinol (18), tryptophol (20), and 3-(3-indolyl)propionic
acid (21). However, the natural substrates of SpH1 and SpH2 remain unknown so far.
In the gene cluster of both enzymes, a catecholate siderophore receptor was detected,
which might give a hint towards their substrate. This study shows that screening with the
HMM may discover many novel flavin-dependent halogenases in natural metagenomes.
The algorithm detects mostly flavin-dependent halogenases from a clade similar to BrvH.
The phylogenetic tree demonstrates that the detected novel, putative, flavin-dependent
halogenases cluster within the clade of BrvH.
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halogenation of SpH1 (A) and SpH2 (B) of indole to bromoindole in the presence of catalase. Ab-
sorption bands of FAD bound in SpH1 and SpH2 during FAD reconstitution. HPLC trace of the
enzyme reaction with SpH1_K81A and indole. Characterization of the brominated substrates by
SpH1 and SpH2 via mass spectrometry. Determination of regioselective halogenation site via NMR
analysis. List of detected secondary metabolite biosynthetic gene clusters within the MAG 21. Area
and volume of the active site pocket for Apo SpH2 and SpH1, docked with indole and 3-bromoindole
before and after MD simulation.
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Abstract: Enzymes are widely used in the food industry. Their use as a supplement to the raw
material for animal feed is a current research topic. Although there are several studies on the
application of enzyme additives in the animal feed industry, it is necessary to search for new
enzymes, as well as to utilize bioinformatics tools for the design of specific enzymes that work in
certain environmental conditions and substrates. This will allow the improvement of the productive
parameters in animals, reducing costs and making the processes more efficient. Technological needs
have considered these catalysts as essential in many industrial sectors and research is constantly
being carried out to optimize their use in those processes. This review describes the enzymes used in
animal nutrition, their mode of action, their production and new sources of production as well as
studies on different animal models to evaluate their effect on the productive performance intended
for the production of animal feed.

Keywords: animal nutrition; enzyme; animal feed; zootechnical additive; digestibility; antinutri-
tional factors

1. Introduction

Food security is a current challenge in most parts of the world, where the need to
increase the intensive production of farm animals for the generation of meat, milk and
eggs is a priority; however, to achieve this, it is necessary for the animals to consume
nutritious and highly digestible feed, and their diet should not compete with humans’ [1].
Traditionally, depending on the geographic location, animal feed has been based on grains,
forages and silage, among others, but the need to improve the costs of feeding and animal
production has led to the search for new ingredients for this purpose. The use of agro-
industrial waste and agroforestry is a current trend; however, its use has disadvantages
because the nutritional components are unbalanced or unavailable; therefore, they must be
supplemented with grains of cereals, legumes or additives to meet the nutritional needs [2].

The use of exogenous enzymes has been shown to exert positive effects on the agro-
industrial and agroforestry wastes used as animal feed by increasing the bioavailability
of nutrients and digestibility as well as helping to eliminate some anti-nutritional factors.
Although animals have endogenous enzymes involved in digestion, they do not have the
ability to degrade them and to take advantage of all their nutritional components; therefore,

27



Catalysts 2021, 11, 851

their treatment with exogenous enzymes is a trend with beneficial results on production
and animal yield [3,4]. An example of this is the use of fibrolytic enzymes that, when added
to fibrous substrates, produce small amounts of oligomers, and, therefore, will degrade
both soluble and insoluble fiber. This causes breaks in the insoluble fiber, increasing the
amorphous nature of the fiber and reducing the time for the attachment of fibrolytic bacteria,
thus improving fiber digestibility and the ability of the microbiome to degrade fiber [5].
The addition of enzymes improves the availability of nutrients (starch, proteins, amino
acids and minerals, etc.) [6]. Additionally, they offer a beneficial performance response
most of the time, but their catalytic efficiency is associated with factors such as the types of
food and environmental factors [7]. The enzymes with carbohydrase, protease, phytase and
lipase activities are the most used in the improvement of animal feed. For its application, it
must be ensured that the biocatalyst is capable of resisting feed processing extrusion and
granulation as well as changes in the gastrointestinal tract [8].

Although there are several studies on the application of enzyme additives in the
animal feed industry, it is necessary to search for new enzymes, as well as to make use of
bioinformatics tools for the design of specific enzymes that work in certain environmental
conditions and substrates, allowing for the improvement of the productive parameters
in the animals, reducing the costs and making the processes more efficient. This review
compiles the progress in obtaining enzymes and their use in the feeding of ruminants and
monogastric animals to evaluate their effect on the productive performance.

2. Enzymes as Zootechnical Additives

Enzymes, considered biological catalysts, are proteins capable of accelerating the
speed of chemical reactions, which are essential for the proper cellular functioning of all
living beings. Due to their diversity, specificity and catalytic capacity, they have been
widely accepted by the scientific and industrial community. Their use has shown benefits
in various production processes, traditionally, in the food industry in the production of
beer, bread, cheese, juice, etc. However, its use in the livestock feed industry was limited
until a few years ago [2]; in the 1980s, the poultry industry was the first one to show interest
in their use and over the years their use in animal feed grew remarkably, with an estimated
commercial value of 1280 million dollars in 2019 [9].

The enzymes used in animal feed are considered zootechnical additives, which im-
prove the consistency and nutritional value of the feed, increase digestibility, animal
performance and reduce the effect of antinutrients. They also maintain intestinal health;
in addition, the digestion process overcomes the growth of pathogenic microorganisms.
They are added separately or as multienzyme preparations at all stages of ruminant and
non-ruminant growth [1,4,9,10].

The effects of the action of enzymes used in animal feed processing have not been
fully clarified; however, their success can be attributed to any of the following mecha-
nisms [3,4,11].

1. Action on the bonds or components that cannot be hydrolyzed by endogenous enzymes.
2. Degradation of anti-nutritional factors that reduce digestibility and increase the

viscosity of feed.
3. Cell wall rupture and the release of nutrients attached to the cell wall.
4. Digestion of nutrients.
5. Reduction in secretions and the loss of endogenous proteins in the intestine, reducing

maintenance needs.
6. Increase in digestive enzymes, which are insufficient or non-existent in the animal, result-

ing in better digestion, especially in young animals with immature digestive systems.

The mode of action of each enzyme is different and interdependent, its use in com-
bination with feed formulations must be carried out rationally and carefully to achieve
maximum positive effects. Enzymes act directly or indirectly on nutrients, having main
effects on the substrate to which it is directed as well as having side effects. For example,
in the lignocellulosic complex, lignin degrading enzymes will attack their substrate as the
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main effect and, consequently, they will access the nutrients linked to lignin (carbohydrates
or proteins) as a side effect [12].

In addition, the catalytic activity of enzymes is influenced by temperature, pH, sub-
strate specificity, among others; therefore, the enzymes used as additives in animal feed
processing must be heat-resistant, stable and capable of preserving their activity through
the digestive system of the animal, all of which are important factors in the catalytic
response to pH, retention time, resistance to endogenous digestive proteases, microbial
enzymes, water content and ionic strength [4]. One way to ensure that the exogenous
enzymes are conserved until the place and moment where they will act is through their
encapsulation, in order to stabilize them for the processing of the feed or their passage
through the gastrointestinal tract, protecting them from adverse conditions and triggering
their release at the action site [13,14]. The purpose of adding enzymes in animal feed is
to improve food efficiency, production requirements and, consequently, reduce the cost of
feeding [15].

Enzymes are generally classified according to the substrate on which they act; commer-
cially, in animal nutrition, they are divided into three categories according to their purpose
(Table 1), those directed to carbohydrates (fiber and starch), proteins and phytates [4,9].
Phytases act on phytate and release phosphorus from phytate, while beta-glucanase acts
on non-starch polysaccharides and breaks down the fiber. Proteases act on protein and
improve its digestibility. Cellulases act on cellulose polysaccharides and break down the
fiber and alpha-amylase act on starch and improve its digestibility [10].

Table 1. Enzymes used in animal feed processing.

Enzymes Substrates Effect Example Ref.

Carbohydrases Carbohydrates (fiber
and/or starch)

Improves digestibility of plant
biomass and increases energy.

Beneficial effect on poultry and
pig diets.

Xylanases and β-glucanases
(degrade cell walls, used in

poultry)
β-mannanases

Pectinases
α-galactosidases

[16,17]

α-amylase (improves digestibility
of starch, body weight gain has

been observed in poultry)

Proteases Proteins

Some proteases increased apparent
ileal nitrogen, digestibility and

apparent nitrogen retention across
the whole digestive tract in broiler

chicks and broiler cockerels.
Exogenous proteases can further
improve protein digestibility of

ingredients through solubilization
and hydrolysis of dietary proteins.

Antinutritional factor levels
decrease. They can be of animal,

vegetable or microbial origin.

Proteases isolated from
microorganisms such as

Aspergillus niger and Bacillus spp.
Chymosin, pepsin A

Bromelain, papain, ficine,
aminopeptidase, bacillolysin 1,

dipeptidyl peptidase III,
chymotrypsin, subtilisin, trypsin.

[18–20]

Phytase Phytates

Degrade phytate bonds releasing
trapped nutrients.

Improves cattle efficiency
It increases the absorption of

phosphorus, reducing the possibility
of contamination of soil and water

through excreta.
Increase amino acid availability.

Acid phytases of histidine (pH 5.0)
mainly applied to feed for poultry

or pigs.
[4]
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3. Use of Enzymes in Animal Diets
3.1. Enzymes in Poultry Feed

Poultry is a domestic species used as a source of high-quality meat and eggs. In
its production, the feed represents between 70 and 75% of the total cost, and is mainly
constituted by grains of cereals (corn, wheat, sorghum and proteins of vegetable flours) that
provide energy to the animal; however, due to their high costs, producers have replaced
them with cheaper ingredients such as barley, oats, rye, sunflower flour, etc., but these
usually contain anti-nutritional factors (ANF) such as antigenic components, raffinose
oligosaccharides, saponins, protease inhibitors, tannins, lectins and phytic acid, which
are unable to be digested by monogastric animals. The presence of ANF can increase
the digesta viscosity, decrease the absorption of nutrients and has even been associated
with the incidence of pathogenic infections such as necrotic enteritis affecting the health
of poultry and increasing production costs [21,22]. Poultry, when fed with cereals, cannot
hydrolyze the starch-free polysaccharides present in the cell wall due to the lack of enzymes,
which causes low feed efficiency; these effects can be counteracted by modifying the diet or
adding exogenous enzymes. These have been a useful option to improve nutritional and
economic aspects in poultry production, in addition to the decrease in the effects caused by
ANF [23].

The poultry industry is the most experienced in the application of exogenous enzymes
with more than 30 years of research and application [1]. In poultry supplementation, the
most commonly used enzymes are xylanases, glucanases, pectinases, cellulases, proteases,
amylases, phytases and galactosidases. Their use not only represents a nutritional improve-
ment; it also allows the use of raw materials to be expanded [24]. In the feed industry, in
order to neutralize the effects of the viscous, non-starch polysaccharides in cereals such as
barley, wheat, rye and triticale have been mostly used. These antinutritive carbohydrates
are undesirable, as they reduce digestion and the absorption of all nutrients in the diet,
especially fat and protein [23].

The use of enzymes has been extended until the majority of intensively produced
poultry diets contain carbohydrases to increase the bioavailability and assimilation of
nutrients, as well as the reduction in digestive problems due to the decrease in viscos-
ity [4,24]. In organoleptic matters, egg yolk color, specifically, has been better observed
when xylanases and β-glucanases are added to the diet, and a greater energy generation
and a better production of meat and eggs with diets supplemented with α-amylases [4], as
well as a greater performance of poultry fed with a diet consisting of corn and soybeans
added with α-amylase [25]. The phytases increase the utilization of phytate phosphorus.
The ability of phytase to improve the digestion of phytate phosphorus and, subsequently,
to reduce the output of organic phosphorus to the environment has attracted a great deal
of scientific and commercial interest [23].

Café et al. [26] incorporated a multienzyme complex (Avizyme) composed of xylanases,
proteases and amylases into the poultry diet, observing an increase in body weights, a
decrease in mortality and a greater amount of net energy compared to the group without
Avizyme. On the other hand, Babalola et al. [27] observed a better apparent absorption of
nitrogen and fiber in poultry fed diets containing xylanases.

Furthermore, the addition of glucanases to whole barley (52.5 U/kg of barley) im-
proves the nutritional value by decreasing the digesta viscosity in diets based on this
grain, due to the depolymerization of glucans, in vivo results suggest that 1,4-glucanases
act preferentially on cellulosic substrates and not on glucans mixed together [28]. The
beneficial effects of the enzymes are reflected in the performance of broilers up to a 75%
inclusion of treated barley [29]. Treatment with multiglucanases in wheat and barley
(180 U/g) was shown to improve the growth rate and physicochemical properties of the
broiler carcass; however, the feed conversion was decreased [30]. However, when com-
bined with xylanases, they help reduce between 30 and 50% of viscosity in diets made
from wheat and barley, respectively. In addition, they favor the increase in body weight
and nutritional conversion [31]. Generally, xylanases are obtained from microorganisms
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such as Bacillus spp. and Trichoderma reesei [32]. Xylanases, β-glucanases, pentosanases and
phytases not only improve the nutritional quality and viscosity of the diets and productive
parameters of the poultry, but also improve the intestinal health of the animal, since they
restrict the proliferation of fermentative microorganisms in the small intestine [33].

Another exogenous enzyme of importance in the feeding of poultry are the phytases
that, until the 1990s, were little used for their high cost. Currently, its application in
Europe and countries such as the United States, Mexico and Brazil has been increasingly
frequent in the main farms of broilers, not only for the economic benefits but also for the
additional effects on the nutritional use of the diet, especially in the absorption of Ca,
Zn, Mg and amino acids [34]. The importance of using these enzymes is due to the fact
that phosphorus is a mineral associated with important metabolic functions and its excess
or deficiency can cause problems in animal productivity. Poultry diets are made up of
ingredients in which the phosphorus is mainly in the form of phytate, which, being poorly
assimilated, is almost completely discarded through feces, which is why it is considered a
source of environmental pollution [34]. To improve the use of phosphorus and reduce the
environmental impact, the addition of microbial phytases is an option because it reduces
waste and allows smaller amounts of inorganic phosphorus to be used in the diet [35].

Some studies have shown that the effects of phytases are not only limited to the
improvement of the digestibility of phosphorus in monogastric animals, but that there has
also been a greater retention of P, Ca and N in chicks fed with corn-soybeans and 600 U
of phytase/kg compared to those with a diet to which the enzyme was not added [36].
Namkung and Leeson [37] showed that phytase supplementation (1149 IU/kg) created
a positive effect of approximately 2% in the digestibility of protein and total amino acids
in broilers.

3.2. Enzymes in Swine Feeding

The increase in the consumption of pork has led to a need to find alternatives that
reduce the maturation and fattening time of piglets. Unfortunately, the increase in the
number of piglets per litter results in animals with low birth weights, immune systems and
immature digestive systems, in addition to the limited enzyme secretion reflected in the
slow maturation of the animal [1,38]. Although the enzymes supplemented in the feeding
of poultry and swine is similar, the results differ due to the digestive physiology of each
species [39].

The addition of exogenous enzymes in pig feeding can improve the digestibility of feed,
degrading their complex matrix. Carbohydrase supplementation (xylanase, β-glucanase,
β-mannanase, α-galactosidase) increases substrate digestibility [38]. Furthermore, phytase
is added to improve the digestibility of phytate with the consequent reduction to inorganic
phosphorus, as well as improvements in the growth of piglets that are supplemented with
this enzyme [38,40]. Although pigs have endogenous phytases present in the intestinal
mucosa, they have almost zero activity, and although these enzymes are excreted by
microorganisms in the large intestine, the released phosphorus is not absorbed and is
almost completely excreted, which is why it is very important to supplement the diet
with these type enzymes that can be obtained from fungi of the Aspergillus and Peniophora
genera [41].

Tiwari et al. [42] showed that xylanase and mannanase can be used together or
separately in diets rich in arabinoxylans and mannans (depending on the composition of
the feed and the amount of the substrates) to improve their digestibility and, subsequently,
the animal’s intestinal health. Although the supplementation of the diets of weaned
piglets with individual or combined mannanases, phytases, proteases and carbohydrases
have shown positive effects on digestibility, growth and an improvement of the intestinal
structure, the ability of enzymes to improve intestinal maturity and the health of weaned
piglets is inconsistent [38,43].
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3.3. Enzymes in Ruminant Feeds

The application of enzymes in the feeding of ruminants has developed slowly, the
complexity of the digestive system (four compartments) of these animals and the existence
of ruminal microorganisms that excrete enzymes and perform fermentation processes make
it difficult to interpret the data obtained. Most of the research conducted in ruminants has
been based on the use of fibrolytic enzymes, amylases and proteases; mainly multienzyme
complexes composed of cellulases, xylanases, amylases and pectinases [1]. They are
generally used to improve the digestibility of forage cell walls, increase the availability of
the starch present in cereals and improve the performance of dairy cattle [44]. In the search
to increase milk production and decrease its cost, the use of enzymes in ruminant feeding
has been shown to have a positive effect on milk yield [45].

Enzymes such as xylanases have been used in the previous treatment of forages to
improve their digestibility in ruminants [32] and to facilitate composting with glucanases,
pectinases, cellulases, proteases, amylases, phytases, galactosidases and lipases, to break
down feed components, reducing the viscosity of the raw material [46].

It is common to use agricultural waste in the feeding of ruminants; however, these
wastes are not nutritious, have little protein, high amounts of fiber, low digestibility and
contain anti-nutritional factors; therefore, the use of exogenous enzymes to improve the
quality of these materials is a current trend. The use of cellulases in diets of farm animals
has been shown to improve feed utilization and animal performance in vitro, in situ and
in vivo through fiber degradation, as well as improved milk production in cows and small
ruminants [47]. In dairy cows, the digestibility of dry matter and milk production has
increased in diets with 34% silage of barley treated with fibrolytic enzymes (mixture of
cellulase and xylanase) from Trichoderma reesei [45]. Recently, Golder et al. [48] characterized
the response in the field of the application of fibrolytic enzymes in supplemented dairy cows
before delivery and for 200 days from the start of lactation in three dairy farms in the United
States; eight randomly assigned pens were controlled without enzyme administration and
eight more pens received a dose of 750 mL/t of feed for five months. The results showed
that milk production increased with the enzymatic treatment to 0.70–0.80 kg/day, this
could be due to the higher digestibility of the feed. The body weight of the cows that were
supplemented with enzymes did not show increases; however, a higher dry matter intake
was observed (0.20 kg/head per day). Furthermore, in goats, it was possible to show an
effect on daily weight gain, milk production and feed consumption with the inclusion
of enzyme extract obtained from the spent substrate of Pleurotus ostreatus in the diet [49].
However, despite the benefits offered by fibrolytic enzymes, the use of these in the diet of
livestock, specialized in meat production, does not show significant results [50].

In regard to amylolytic enzymes, they are potential additives to improve starch di-
gestion in ruminant diets. Some amylases from B. licheniformis and Aspergillus niger may
increase the digestibility of cereal starch such as sorghum and corn [44,51]; these enzymes
have been able to act on the final non-reducing group of amylose and amylopectin, specif-
ically on the α-1,4 or α-1,6 glycosidic bonds releasing glucose, maltotriose and maltose,
which can be used as a substrate by ruminals microorganisms such as Megasphaera elsdenii,
Prevottella ruminicola and Selenomonas ruminantium, which implies a greater degradation of
dietary starch [52]. An isolated amylolytic enzyme of B. licheniformis recorded an activity
of 4.19 mM/min, which was 69 times more active than the enzymes found in the rumen;
their positive effects were demonstrated in studies ‘in vivo’ in sheep fed with a diet based
on sorghum (70%) treated with these enzymes, achieving a decrease in the consumption of
dry matter, organic matter and starch. However, the degree of use of starch is determined
by the type or source, chemical and nutritional composition of the diet, the amount of
food consumed per unit of time, mechanical alterations (degree of chewing) and physico-
chemical properties (degree of hydration and gelatinization) and the adaptation of ruminal
microorganisms to the substrate consumed in order to degrade it [44,52].

On the other hand, the use of phytase in ruminants improves the use of phospho-
rus and reduces the need to supplement the feed with inorganic phosphate, and it also
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contributes to the decrease in phosphorus in feces, which represents an environmental
benefit [13].

3.4. Enzymes in Fish Feeds

Another sector where exogenous enzymes have been applied is aquaculture. This
industry uses fish meal with ingredients of vegetable origin in its processes; the addition of
biocatalysts allows for a reduction in anti-nutritional factors, such as phytin, non-starch
polysaccharides and inhibitors of proteases that affect nutrient utilization and interfere
with fish performance and health [53]. In the larval stage, nutrition is a crucial factor that
affects survival and performance, to achieve this it is necessary to have feed that meets
nutritional requirements. An alternative can be the manipulation of the diet that allows for
the optimization of the performance of the fish larvae. The addition of exogenous enzymes
to the formulated diet can increase the assimilation by the larvae. On the other hand, it has
been reported that the greater growth of fish larvae fed with live food is attributed to the
activity of digestive enzymes present in live food [54,55].

The use of zootechnical additives in this industry is low; increasing research on this
topic could be a useful tool to improve and sustain commercial aquaculture [56]. Phytases
and carbohydrases are the most used in aquaculture; however, the latter have not been as
common in aquatic species. Despite their promising effects to improve nutrient digestibility
by hydrolyzing the non-starch polysaccharides present in plants food, their effects are not
yet clear due to the difficulty of comparisons between studies [57,58]. The fish species that
have been used as a study model to determine the effect of exogenous enzymes on larval
growth are Dorada Sparus auratus [54], sea bass Dicentrarchus labrax [59], rainbow trout
Oncorhynchus mykiss [60,61], Japanese sea bass Lateolabrax japonicus [62] and African catfish
Clarias gariepinus [63].

Yigit and Olmes [64] mention that the cellulase supplementation obtained from As-
pergillus niger in the diets for tilapia fingerlings (Oreochromis niloticus) did not show effects
on growth, concluding that the addition of enzymes to the fish diet will depend on the
enzymes, the species used and the source of the feed ingredients. In addition, an enzyme
complex (hemicellulase, pectinase, cellulase) that allows the components of the cell wall,
such as hemicellulose and pectin bound to cellulose, to degrade must be used.

In this sense, in another study, they evaluated the addition of multiple enzymes
(Natuzyme® and Hemicell®) on the diet of Caspian salmon (Salmo trutta caspius), finding
improvements in body weight gain and feeding efficiency. In addition to this, the authors
mention that it is necessary to consider the effects of the enzymatic supplement on the
intestinal microbial flora and the improvement of growth through the release of a growth-
enhancing factor that cannot be ignored [65].

Adeoye et al. [66] found greater growth when using phytase, protease and carbohy-
drases in the diet of Tilapia (Oreochromis niloticus), in contrast to the fish fed with the control
diet. Furthermore, they do not report changes in the hematological, intestinal morphologi-
cal or intestinal microbiological parameters. However, carbohydrases showed a significant
difference in the gut microbiota of the fish that were fed the tilapia diet compared to those
fed the control diet. Although the species diversity parameters of the microbiota were
not affected by dietary treatment, the analysis revealed differences in community profiles.
Therefore, research is needed to confirm how exogenous enzymes (especially carbohydrase)
modulate the gut microbiota and whether these modulations contribute to enhancing the
host growth performance.

The aquaculture industry must face several challenges before applying exogenous
enzymes in the fish diet, although phytase is the most used and has the best results.
Research is needed on the effect of enzymes on amino acid availability, specific enzymatic
modes of action, including interactions with endogenous enzymes during digestion, the
effects of enzymes on target substrates, the consistency and predictability of the effects of
enzyme doses and the effects of the quality of the ingredients on response predictability [67].
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3.5. Enzymes in Dog’s Feeds

The dog feed industry has also considered the use of exogenous enzymes in the
diet, due to the exocrine pancreatic insufficiency (EPI) that these can present. The most
widely used are amylase, protease and lipase from the porcine pancreas. Moreover, some
vets recommend the use of plant and animal enzyme supplements for all pets, including
those without EPI The possible benefits that are expected range from an increase in the
digestibility of nutrients to the support of the immune system; however, they have not
been proven thus far [68].

The type of processing that dog feed has inactivates the enzymatic activity; therefore,
it is necessary to superficially apply enzymes, finding freeze-dried enzymes on the market,
which must be added to the feed. One of the parameters evaluated has been digestibility,
where the results do not show significant changes when amylase has been added, which
does not increase starch digestion with respect to the control diets [69–71]. The use of
proteases has also not shown effects on protein digestibility, which may be due to the type
of protease used, the low concentrations of enzymes and their low specificity [72].

The use of amylases during the extrusion process in the production of feed for dogs
has been evaluated, showing that they do not interfere with the final texture of the feed, the
gelatinization of the starch, the digestibility of the nutrients nor the palatability of the feed,
but it does increase production in extrusion and a possible reduction in electrical energy
use, but its use must be evaluated in various feed extrusion and formulation systems to
determine the optimal balance between enzyme cost and increased feed productivity and
energy costs savings during extrusion [71].

In the preparation of feed for dogs, it is common to use barley and wheat, but due
to their composition, these have negative effects on digestibility and fecal consistency
due to the high content of dietary fiber. To counteract this, the effect of glycanases in the
formulations has been evaluated, finding that they digest the soluble fraction of the fiber,
which increases the fermentation of these substrates when they reach the large intestine.
Moreover, the addition of the enzyme improves the antinutritive effects, but it did not im-
prove the problems associated with increased bacterial fermentation and an accumulation
of lactic acid in the large intestine, yet the use of these enzymes is recommended due to the
acceptable quality of the feces and good digestion in general [73].

On the other hand, Sá et al. [70] mention that adding wheat bran in the formulation
increases the dietary fiber, promotes a reduction in nutrient and energy digestibility and
there is an increase in fecal production when using a mixture of enzymes (b-glucanase,
xylanase, cellulase, glucoamylase, phytase) before and after extrusion, concluding that en-
zyme supplementation, during feed processing or as exogenous enzyme supplementation
for the animal, does not reduce the negative effects of wheat bran on digestibility. However,
other combinations or doses of enzymes need to be tested to promote more extensive use
of wheat bran in dog diets.

4. Production of Enzymes for Animal Feeding

Enzymes can be obtained from animals, plants or microorganisms. Initially their use
was limited by the difficulties of their production and recovery as well as poor stability;
however, current biotechnological advances allow for the production of biologically active
enzymes in large volumes [74].

The development of recombinant DNA technology (DNAr) has allowed for the iso-
lation and expression of genes of some microorganisms, such as Bacillus subtilis, Bacillus
amyloliquefaciens, Aspergillus oryzae, Aspergillus niger, Kluyveromyces lactis, Trichoderma reesei,
among others and the production of enzymes for industrial use, including animal feed
processing [13,74,75]. Protein engineering is used to optimize enzyme performance char-
acteristics for specific industrial applications such as changing the pH optimum, thermal
stability and stability against chemical oxidation and altering the requirement for cofactors
such as metal ions [13].
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To ensure the safety, along with the chemical and microbiological purity, of the en-
zymes used in animal feed, these are produced under established standards by FAO/WHO
and Codex Alimentarius, using safe documented microbial strains and GRAS (Generally
Recognized as Safe) raw materials. Table 2 shows the enzymes commonly used in animal
feed and the source from which they were obtained [13].

In response to environmental problems and considering the need to improve the
nutritional quality of feed for animals, current research is committed to the use of ruminal
fluid from slaughterhouses to obtain enzymes. Ruminal fluid is rich in ammonia and phos-
phorus, which represents an environmental problem; however, it is also rich in cellulase
and xylanase enzymes with a potential use in the industry [89].

Sarteshnizi et al. [90] evaluated the use of ruminal fluid as a potential source of
exogenous enzymes to improve the nutritional quality of ground corn, barley grain, soy
flour and alfalfa hay to be used in ruminant feed. Cherdthong et al. [91] have proposed
the use of dry ruminal fluid in animal feed. On the other hand, Sarteshnizi et al. [89]
proposed spray drying of the ruminal fluid for subsequent encapsulation, using various
hydrocolloids.

On the other hand, the limited stability and functional capacity of enzymes in difficult
conditions, such as industrial processes, has long been recognized as a major problem. A
current trend to obtain enzymes of industrial interest is made from organisms’ extremities.
Enzymes obtained from this type of organism have a potential use in the feed industry,
since their ability to work under unfavorable conditions is well known, offering better
enzymatic activities [92].

The fungal mannanases are attractive enzymes for the animal feed industry, which
operate at a pH that ranges from 2.4 to 6. The conditions of their production from the fungi
of the genera Aspergillus and Trichoderma are currently thoroughly investigated; however,
they have successfully cloned and expressed mannanases in Pichia pastoris, which were
evaluated in animal feed, managing to establish a significant source of β-mannanases [92].

The bacteria Citrobacter braakii and Escherichia coli as well as the fungi Aspergillus
niger, Aspergillus sp. and Peniophora sp. have been reported to be producers of the phy-
tase enzyme, which has been used in pig diets to facilitate the release of the P bound
to phytate. [93–95]. Phytate-degrading enzymes, through stepwise dephosphorylation,
can release P-phytate, thus improving the absorption of P and reducing its excretion;
therefore, the use of these enzymes has nutritional and ecological benefits. In addition, it
has been observed that minerals such as Ca, Zn, Fe, Cu and Mg are bound to phytate in
mineral-phytate complexes, which reduces the degradation of phytate, thus reducing the
digestibility of the minerals [93]. However, it has been reported that supplementation with
phytase from Escherichia coli can increase the digestibility of Ca, Mg, Mn, Zn, Cu and Fe
in pigs with doses of 500 to 1500 FTU of phytase/kg of feed [94]. It is worth mentioning
that bacterial or fungal phytases have been shown to be effective when added to the feed
of poultry and pigs, increasing the availability of P, the use of energy and reducing the
excretion of P in feces [96].

Although many microorganisms have been molecularly characterized and the function
and application of their enzymes have been described, work is being conducted to improve
their biochemical properties that entail expanding their application. The development
of molecular genetics, cell biology, genetic engineering, sequencing techniques and high-
throughput omics have allowed modifications at the amino acid sequence level through
rational design or molecular evolution [78,97]. With the above, the exploitation of numerous
microbial enzymes with a greater pH and temperature stability is sought, as well as an
increase in their yield with the use of promoters, which have been introduced as multiple
copies in the gene that codes for the enzyme [98–100].
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The catalytic activity of enzymes at different temperatures and pH values can be
improved using directed evolution [101], which is a tool that, together with mutagenesis
and screening, helps to characterize new proteins from a parent protein under a particular
evolutionary pressure, obtaining more efficient biocatalysts [102–104]. On the other hand,
the use of protein engineering has contributed to generating biocatalysts with greater activ-
ity and stability at high temperatures and extreme pH values through directed mutagenesis.
This has been achieved due to the advancement of bioinformatics, which allows the protein
structure to be visualized in a three-dimensional way and, thus, achieve a rational design
that allows the introduction of disulfide bridges, replacing the N terminal and increasing
the number of hydrogen bonds [105]. Table 3 shows some enzymes designed from these
techniques, taken from Victorino da Silva Amatto et al. [106].

Table 3. Engineered enzyme.

Enzymes Source Purpose of Modification Method Ref.

Alfa-amylase Bacillus sp.
TS-23

Improve thermostability, change glutamic acid 219,
crucial for the thermostability

Site-directed
mutagenesis [107]

Xylanase
(glycoside

hydrolase-GH11)

Neocalli
mastix

patriciarum

Improve thermostability. Single mutants Gln87Arg,
Asn88Gly, Ser89His and Ser90Thr

Site-directed
mutagenesis [108]

Phytase Aspergillus
niger

Improve thermostability and catalytic efficiency.
Change in Thr195Leu/Gln368Glu/Phe376Tyr;

Gln172Arg/Lys432Arg/Gln368Glu;
Gln172Arg/Lys432Arg/Gln368Glu/Phe376Tyr
and Gln172Arg/Lys432Arg/Gln368Glu/Phr376

Tyr/Thr195Leu; phyA: Gln172Arg;
Gln172Arg/Lys432Arg; Gln368Glu/Lys432Arg

Error-prone
PCR/Directed

evolution
[109]

Endo-1,4
betaxylanase

II
Trichoderma reessei Improve thermostability, substituting Thr2 and

Thr28 by cysteine
Error-prone

PCR [110]

The design of enzymes has also led to the choice of the expression system for the
production of recombinant proteins, using mainly bacteria (Escherichia coli, Bacillus spp.,
Lactobacillus lactis), filamentous fungi (Aspergillus spp.) and yeasts (Pichia pastoris). Each of
these microorganisms have characteristics that allow them to be used as hosts. In particular,
Escherichia coli quickly and easily overexpress recombinant enzymes; however, they cannot
express very large proteins that require post-translational modifications, in addition to
producing toxins that reduce their use [111]. Despite this, bacterial expression systems
remain attractive due to their rapid growth, use of inexpensive culture media, genetic
characterization, number of cloning vectors and mutant host strains [112]. Recombinant
enzyme production is still a promising field that will help meet the demand in the animal
feed industry; but, to achieve this, it is necessary to use high-throughput expression
technologies and to know the proteins at the proteome level to understand them at the
systems level. Current advances in post-genomic technology make it possible to design
improved cost-effective expression systems to meet the growing demand for enzymes [111].

Therefore, current processes in animal nutrition are using genetically modified mi-
croorganisms with the aim of increasing the productive capacity of the fermentation unit
for the production of enzymes and avoiding undesirable activities [96]. In ruminant feed-
ing, one approach to improve fiber digestion is by modifying the fiber inoculants, using
genetically modified bacteria to produce enzymes that give new properties to the silage
and/or pre-digest the plant material. Recombinant Lactobacillus plantarum is a strain used as
a silage starter, which was constructed to express the alpha-amylase, cellulase or xylanase
genes [113]. The possibility of genetically modifying rumen microorganisms to increase
the degree of degradation of fiber components has also been proposed, and a possible
strategy is through the establishment of recombinant organisms. One of the options has
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been the manipulation of the predominant bacterial species in the rumen such as Prevotella
ruminicola, Butyrivibrio fibrisolvens or Streptococuccus bovis. In Prevotella ruminicola, one of
the objectives has been to increase its fibrolytic activities, while in Ruminococcus flavefaciens,
it has been chosen to induce the expression of endoglucanase/xylanase genes, but it should
be noted that these studies are still in progress [113].

5. Future Developments of Enzymes for Animal Feeding

The industry dedicated to the production of food for animals should focus its efforts
on investing in research and development and in the design of new enzymes that can
play a key role in the improvement and nutritional quality of feed. The development of
thermostable enzymes will simplify the application of the pre-granulation of dry product
and will promote the use of the enzyme in granulated diets [114]. To achieve this, it is
necessary to continue work on the rational redesign of existing biocatalysts and standardize
combinatorial methods that seek the desired functionality in randomly generated libraries
as well as employing robust computational methods combined with screening technologies
and directed evolution to improve the properties of enzymes, the application of multistep
reactions using multifunctional catalysts, the de novo design and the selection of specific
catalytic proteins for a desired chemical reaction and, thus, meet process perspectives [115].

Suplatov et al. [116] mentioned that future computational advances will be the key
to achieving success in the design of new enzymes. Currently, bioinformatics is used to
predict structural changes that can be applied to wild proteins and produce more stable
variants. The techniques used can be classified into stochastic approaches, empirical or
systematic rational design strategies and chimeric protein design. Bioinformatic analysis
can be used efficiently to study large protein superfamilies in a systematic way, as well as
to predict particular structural changes that increase the stability of the enzyme. However,
further development of systematic bioinformatics procedures is needed to organize and
analyze protein sequences and structures within large superfamilies and link them to their
function, as well as to provide knowledge-based predictions for experimental evaluation.
Therefore, bioinformatics can become the cornerstone for the design of more stable and
functionally diverse enzymes [116].

The next generation sequencing technologies and bioinformatics has facilitated the
collection and analysis of a large amount of genomic, transcriptomic, proteomic and
metabolomic data from different organisms that have allowed predictions to be made on
the regulation of expression, transcription, translation, structure and the mechanisms of
action of proteins as well as homology, mutations and evolutionary processes that generate
structural and functional changes over time. Although the amount of information in
the databases is greater every day, all the bioinformatics tools continue to be constantly
modified to improve performance that leads to more accurate predictions regarding protein
functionality [117].

The main databases used in computational biology are NCBI, GenBank, Protein
Data Bank, Swiss-Prot, PIR, Flybase, TrEMBL, Enzyme, Prosite, InterPro, UniProt and
PDB [117,118]. The high number of sequences that are stored in the different databases,
have allowed the evolutionary relationships of different proteins to be inferred, which
retain their function during long evolutionary times when presenting homology; however,
homologous proteins can perform the same activity, but the substrates they use can come
from different routes [117,119].

The study of ancestral enzymes has suggested that these presented a high thermosta-
bility, due to the Precambrian era that was thermophilic, in addition to the fact that most
microorganisms and other organisms adapted to these environments with high temper-
atures. The ancestral protein alignments with the current ones show evidence of a slow
evolution in structure, but not in amino acids [117,120]. Álvarez-Cervantes et al. [121]
performed the phylogenetic analysis of β-xylanase SRXL1 from Sporisorium reilianum and
its relationship with families (GH10 and GH11) from Ascomycetes and Basidiomycetes,
demonstrating that groupings analysis of a higher-level in the Pfam database allowed the

39



Catalysts 2021, 11, 851

proteins under study to be classified into families GH10 and GH11, based on the regions
of highly conserved amino acids, 233–318 and 180–193, respectively, where glutamate
residues are responsible for the catalysis. The phylogenetic relationship of xylanase SRXL1
of S. reilianum with the xylanases analyzed shows a monophyly and a relationship is
observed with respect to their status as plant pathogens or saprophytic fungi, in this case
the functionality of these enzymes is related to its adaptation to their ecological niche.

To analyze these changes in the sequences, bioinformatics programs use algorithms
and mathematical models, based on empirical matrices of amino acid substitution, as
well as those that incorporate structural properties of the native state, such as secondary
structure and accessibility [117,122]. Protein phylogeny studies are currently necessary to
know protein-protein interactions in biological systems. Molecular or structural analyzes
on proteins will require more information to respond if a protein is present in one or several
species, as well as to predict the common ancestor and evolution times [123].

The bioinformatics tools are TOPAL, Hennig86 and PAML; the computational pack-
ages that are allowed to occupy any of these are PHYLIP and PAUP, as well as MOLPHY,
PASSML, PUZZLE and TAAR [117,124].

On the other hand, one of the challenges of protein engineering and biology is to
improve industrial processes; to achieve this it is necessary to determine the tertiary
structure of proteins from the amino acid sequence in order to design new proteins. Many of
the protein structures that we know today have been obtained using X-ray crystallography,
Nuclear magnetic resonance spectroscopy (NMR) or cryo-EM [117,125].

The use of algorithms and computer programs have achieved the design of new
catalysts with the ability to use substrates, this considering their structural characteristics,
structural dynamics and structural remodeling [126]. Computational design has obviously
improved the possibility of finding active enzymes. However, it must be combined with
optimized experimental protocols to obtain efficient biocatalysts [127].

The powerful and revolutionary techniques developed for protein engineering thus far
provide excellent opportunities for the design of industrial enzymes with specific properties
and the production of high-value products at lower production costs [127]. Table 4 shows
the biochemical properties of some enzymes that the animal feed industry reported in the
UniProt and PDB databases.
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6. Conclusions

The use of enzymes in animal feed is a dynamic research and development field; cur-
rent research and its future application aim to assess its effect on the health and intestinal
flora of animals, and to check whether or not there is a synergistic effect between the com-
position of the diet and the enzymatic action to improve the digestibility, to contribute to
intestinal development and their effect on the productive performance, or if its application
can diminish the use of antibiotics, by means of a decrease in the incidence of diseases or
mortality. Furthermore, the search for new sources of obtaining enzymes for their use in
animal feed is a current trend with a view to evolve in future work. The modification of
commercial enzyme-producing strains that resist the conditions of the gastrointestinal tract
or the search for new ways to encapsulate and protect enzymes are important aspects to be
investigated and applied in the agro-industry for the production of animal feed.
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Abstract: Microbial proteases are commonly produced by submerged (SmF) or solid-state fermenta-
tion (SSF), whose combination results in an unconventional method, called sequential fermentation
(SF), which has already been used only to produce cellulolytic enzymes. In this context, the aim of the
present study was the development of a novel SF method for protease production using wheat bran
as a substrate. Moreover, the kinetic and thermodynamic parameters of azocasein hydrolysis were
estimated, thus providing a greater understanding of the catalytic reaction. In SF, an approximately
9-fold increase in protease activity was observed compared to the conventional SmF method. Opti-
mization of glucose concentration and medium volume by statistical means allowed us to achieve
a maximum protease activity of 180.17 U mL−1. The obtained enzyme had an optimum pH and
temperature of 7.0 and 50 ◦C, respectively. Kinetic and thermodynamic parameters highlighted that
such a neutral protease is satisfactorily thermostable at 50 ◦C, a temperature commonly used in
many applications in the food industry. The results obtained suggested not only that SF could be
a promising alternative to produce proteases, but also that it could be adapted to produce several
other enzymes.

Keywords: Aspergillus; protease; sequential fermentation; kinetics; thermodynamics

1. Introduction

Proteases are enzymes that catalyze the hydrolysis of proteins resulting in their break-
down into peptides and amino acids. They represent an important group of industrial
enzymes, accounting for almost 60% of the entire enzyme market and 40% of the global
enzyme sales [1]. Proteases are in fact used in various industrial sectors, including those
of detergents, leather goods, food, fine chemicals, pharmaceuticals, and cosmetics, and
can be obtained from different sources such as plants, animal, and microorganisms, with
the latter source contributing to nearly two-third of industrially used proteases. This is
mainly due to the possibility of producing them quickly in large amounts by established
fermentation processes that also allow for their regular supply [2,3]. Filamentous fungi
have an extraordinary capability to secrete different types of proteases, with the main
fungal strains for their industrial production belonging to the genera Trichoderma and
Aspergillus [2].

Commonly, microbial proteases are produced by submerged fermentation (SmF), a
process in which microorganisms grow in a liquid medium with high free water content, or
by solid state fermentation (SSF), where they grow in an environment without free water
or with a very low content of free water [4]. Both processes have their own advantages
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and disadvantages depending on the operating conditions. SmF has advantages related to
the presence of instrumentation and process control, and consequently it is the preferred
process for industrial enzyme production. On the other hand, SSF can be particularly
advantageous to cultivate filamentous fungi, because it simulates their natural habitat
leading to higher enzyme productivity compared to SmF [5,6].

A combination of these two cultivation methods, called sequential fermentation (SF or
SeqF), was proposed initially by Cunha et al. [7] and applied effectively to produce cellu-
lolytic enzymes. It is characterized by a preculture preparation with an initial step of fungal
growth under solid state, followed by a submerged step [8]. This fermentation technique,
so far, has been poorly documented and used exclusively to produce lignocellulolytic
enzymes using filamentous fungi such as Aspergillus niger and Trichoderma reesei [9,10] or
the white rot fungus Pleurotus ostreatus [11]. Different configurations were validated for this
approach, using shake flasks, stirred tanks and bubble column bioreactors, which allowed
an increase in enzyme productivity compared to the conventional SmF [8]. Most studies
have reported the use of sugarcane bagasse as a substrate, nonetheless other substrates
such as wheat bran and soybean bran have also been used successfully [12].

Although SF is used for a specific category of enzymes [8], it could be adapted to
produce different enzymes of industrial interest. Based on that background, sequential
fermentation is used for the first time in this study to produce Aspergillus tamarii protease.
Particularly, the aims of this study were: (a) to test the sequential fermentation method
for protease production by an Aspergillus tamarii strain using wheat bran as a substrate,
(b) to biochemically characterize the crude extract, and (c) to determine and investigate the
kinetic and thermodynamic parameters related to both substrate hydrolysis and enzyme
thermal denaturation.

2. Results and Discussion
2.1. Protease Production by Sequential Fermentation

Protease production by Aspergillus tamarii URM4634 in submerged fermentation (SmF)
and sequential fermentation (SF) was evaluated after 48 h of cultivation for compari-
son purposes. Even though other fermentation times were evaluated (data not shown),
48 h was shown to be the most suitable for enzyme production in both fermentation pro-
cesses. SF allowed an almost double enzyme production (39.08 U mL−1) compared to SmF
(20.0 U mL−1), confirming the positive trend observed by several authors who used this
approach to produce cellulolytic enzymes [8,10,12]. A possible explanation for this increase
is related to the morphology of filamentous fungi, since in SF there was a predominance of
dispersed filamentous mycelium, while in the conventional SmF early formation of fungal
pellets took place [9]. However, the dispersed hyphal morphology results in a more viscous
medium that can make mixing and aeration difficult [8]; furthermore, other factors should
be considered for a complete understanding of SF, especially if intended for the production
of proteolytic enzymes.

Glucose concentration, medium volume and inoculum size were selected as the inde-
pendent variables for protease production by SF, because they are among those that mostly
influence the conventional fermentation processes. Their effects on such a response were
investigated through cultivations carried out according to a 23-full factorial design whose
results are listed in Table 1. The highest protease production (127.67 U mL−1) was obtained
in the run 6 performed using a glucose concentration of 50 g L−1, a medium volume of
15 mL g−1 of substrate and an inoculum size of 108 spores g−1 of substrate. According
to the statistical analysis (Table 2), all the individual variables and their interactions were
statistically significant. In particular, glucose concentration showed a positive effect proba-
bly because, as known, in fermentation processes the carbon source not only acts as the
major constituent for the construction of cell material but is also used in the synthesis of
polysaccharides and as an energy source [13]. However, it should be remembered that glu-
cose can have a repressive effect on the synthesis of other enzymes such as pectinases [14].
A similar positive effect was exerted by the inoculum size, while the medium volume
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had a negative influence on protease production. A larger inoculum size reduces the time
that cells take to consume all the substrate and produce the enzyme of interest. However,
beyond a certain limit, enzyme production can decrease due to the depletion of nutrients
needed for biomass growth, which results in a decrease in metabolic activity [15,16]. To the
best of our knowledge, this is the first report on the evaluation of the influence of medium
volume on SF, and the trend observed at lower medium volumes may be related to the
prevention of enzyme dilution in the culture medium itself.

Table 1. Experimental conditions and results of protease production by Aspergillus tamarii URM4634
in sequential fermentations using wheat bran as a substrate. Runs were carried out according to a
23-full factorial design plus three central points.

Run
Glucose

Concentration
(g L−1)

Medium Volume
(mL g−1 of
Substrate)

Inoculum Size
(Spores g−1 of

Substrate)

Protease Activity
(U mL−1)

1 30 15 106 33.33 ± 0.94
2 50 15 106 25.33 ± 3.53
3 30 25 106 18.00 ± 4.95
4 50 25 106 12.67 ± 1.17
5 30 15 108 90.33 ± 4.95
6 50 15 108 127.67 ± 11.66
7 30 25 108 80.67 ± 0.47
8 50 25 108 78.67 ± 1.64
9 40 20 107 35.67 ± 1.88

10 40 20 107 39.67 ± 3.29
11 40 20 107 43.00 ± 3.06
12 40 20 107 38.00 ± 3.30

Table 2. Effects of the independent variables and their interactions on protease production by
Aspergillus tamarii URM4634 in sequential fermentations carried out according to the 23-full factorial
design shown in Table 1 using wheat bran as a substrate.

Variable or Interaction Estimates p-Value

(1) Glucose concentration 4.74 * 0.0047
(2) Medium volume −18.68 * 0.0021

(3) Inoculum size 62.06 * 0.0006
1 × 2 −7.90 * 0.0245
1 × 3 10.49 * 0.0113
2 × 3 −6.61 * 0.0390

1 × 2 × 3 −9.05 * 0.0170
* Statistically significant estimates at 95% confidence level (p < 0.05).

Interaction effects are interpreted differently from what is usually done with the
individual variables. A positive interaction between two variables means that they have
a synergistic effect, i.e., the levels of both must increase or decrease together to enhance
the response. A negative interaction, on the other hand, means that the variables have an
antagonistic effect, i.e., the level of one variable must increase and that of the other decrease
to enhance the response. In the case of interaction among three variables, the negative sign
means that one of them has an antagonistic effect with the others. More specifically, as
shown by the results of Table 2, the medium volume had a negative effect, while the other
variables a positive effect. The interaction had a negative sign, but the behavior of each
variable involved in the interaction must be evaluated. The interaction among the three
factors can be better seen in the cubic graph depicted in Figure 1.
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Figure 1. Cubic plot of the effects of glucose concentration, medium volume, and inoculum size on
the production of Aspergillus tamarii URM4634 protease by sequential fermentation.

The antagonist ternary interaction among the independent variables confirms the
highest levels of glucose and inoculum size and the lowest one of medium volume as
the best fermentation conditions. For optimization purposes and due to the difficulty
of carrying out industrial production at higher spore concentrations, a 22-CCRD was
performed using only glucose concentration and medium volume as the independent
variables, while keeping the inoculum size constant at the highest level (108 spores g−1),
whose experimental conditions and results are listed in Table 3. The highest protease
activity (180.17 U mL−1) was observed in the run 4 carried out at a glucose concentration
of 55 g L−1 and a medium volume of 17.5 mL per g of substrate.

Table 3. Experimental conditions and results of protease production by Aspergillus tamarii URM4634
in sequential fermentations using wheat bran as a substrate. Optimization tests were carried out
according to a central composite rotational design.

Run Glucose Concentration
(g L−1)

Medium Volume
(mL g−1 of Substrate)

Protease Activity
(U mL−1)

1 45 12.5 151.00 ± 14.66
2 45 17.5 89.17 ± 6.36
3 55 12.5 169.50 ± 10.13
4 55 17.5 180.17 ± 4.94
5 42.05 15.0 135.50 ± 7.77
6 57.05 15.0 94.00 ± 8.66
7 50 11.475 156.67 ± 11.66
8 50 18.525 103.83 ± 5.42
9 50 15.0 134.17 ± 16.5
10 50 15.0 128.44 ± 2.35
11 50 15.0 139.50 ± 10.78
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The analysis of variance (ANOVA) (Table 4) indicates that the quadratic model showed
a significant lack of fit and an unsatisfactory adjustment to the experimental data (R2 = 0.44),
therefore, the response surface was not shown. Nonetheless, the experiments performed
were effective in increasing protease production by as much as 4.6 times compared to
the initial SF runs. Only the medium volume showed a significant linear negative effect
(−8.05), and its interaction with glucose concentration, contrary to the statistical analysis of
the 23-full factorial design, was significant and synergistic (6.55) (results not shown), likely
due to the different experimental regions investigated.

Table 4. Results of the analysis of variance applied to the results of the central composite rotational
design used for protease production by Aspergillus tamarii URM4634 in sequential fermentations
using wheat bran as a substrate.

Source Sum of
Squares

Degrees of
Freedom

Mean
Square F-Value p-Value

GC(L) 322.71 1 322.71 10.55 0.083
GC(Q) 65.40 2 65.40 2.14 0.281
MV(L) 1980.86 1 1980.86 64.75 0.015
MV(Q) 106.70 1 106.70 3.49 0.203

GC(L) × MV(L) 1314.06 1 1314.06 42.95 0.022
Lack of fit 4851.15 3 1617.05 52.85 0.019
Pure error 61.19 2 30.59

Total 8772.15 10
GC = Glucose concentration; MV = Medium volume; L = Linear effect; Q = Quadratic effect.

2.2. Effect of Temperature and pH on Protease Activity

The rate of enzyme-catalyzed reactions can be influenced by various environmental
factors through reversible or irreversible changes in protein structure, of which temperature
and pH are the most important [17]. The effect of a temperature rise on enzyme activity
is the result of two phenomena acting simultaneously but in opposite directions, i.e., an
increase in the reaction rate and a progressive enzyme inactivation due to its denaturation.
On the other hand, the enzyme activity is influenced by pH because the ionization state of
amino acids constituting the enzyme structure depends on the concentration of hydrogen
ions [17,18]. In the present study, the optimal temperature and pH of A. tamarii URM4634
protease were shown to be 50 ◦C (Figure 2A) and 7.0 (Figure 2B), respectively.

In a previous study by our research group, the protease obtained by SSF using the
same fungal strain and substrate (wheat bran) showed different optimal conditions (40 ◦C
and pH 8.0) [19], suggesting that the fermentation method may directly influence the char-
acteristics of the biocatalyst. A similar optimum temperature was observed for proteases
obtained from different Aspergillus species, such as A. heteromorphus [20], A. niger [21] and
A. oryzae [22], in conventional fermentation processes (SSF and SmF).

Based on these and previous results, the A. tamarii URM4634 protease under investi-
gation was characterized as a neutral protease, being active under neutral, weakly acidic or
weakly alkaline conditions. Proteases belonging to this family are considered especially
important for the food industry, mainly for baking and brewing processes, as they lead to
less bitter food protein hydrolysates thanks to an intermediate reaction rate and are poorly
sensitive to plant proteinase inhibitors [23,24]. Fungal neutral proteases, of which A. oryzae
is the most important producer [25], are constituents of various enzyme preparations, and
the search for new sources of proteases has aroused considerable interest. Therefore, the
neutral protease from A. tamarii URM4634 obtained in this study by the SF method may be
an interesting alternative for further studies involving applications in the food industry.
A neutral protease from another A. tamarii strain was already produced by our research
group by extractive fermentation [26], which provides confirmation of the potential of this
species as a producer of neutral proteases.
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indicate statistically significant differences (p < 0.05).

2.3. Kinetic and Thermodynamic Parameters of Azocasein Hydrolysis

The crude extract obtained by SF showed a typical Michaelis-Menten kinetic profile,
and the kinetic parameters of azocasein hydrolysis were estimated from the slope of
Lineweaver-Burk plot (Figure 3A) with satisfactory correlation (R2 = 0.993). As shown in
Table 5, the enzyme exhibited values of the Michaelis constant (Km), maximum rate (Vmax)
and turnover number (kcat) of 16.26 mg mL−1, 147.06 mg mL−1 min−1 and 195.37 s−1,
respectively. Such a Km value is lower than that obtained in SSF (18.7 mg mL−1) [19] using
the same fungal strain and substrate, while that of Vmax is 5.15-fold higher (28.57 mg mL−1

min−1) [19]. These results indicate an increase in the affinity for substrate and the catalytic
potential of protease produced by SF compared to that produced by SSF. The value of kcat
(195.37 s−1), which corresponds to the maximum number of substrate molecules converted
into product per active site per unit of time, is almost 20% higher than that reported by
Lee et al. [27] for purified A. oryzae protease obtained by SmF using casein as a substrate
(163.5 s−1).

From the slope of the straight line to the right of the Arrhenius-type plot (Figure 3B), an
activation energy (E*a) of 40.38 kJ mol−1 was estimated for azocasein hydrolysis (Table 5).
This value is lower than that reported for casein hydrolysis by A. fumigatus protease
(62 kJ mol−1) [28] and slightly higher than that of bread protein hydrolysis by A. awamori
protease (36.8 kJ mol−1) [29]. It is worth remembering, for comparative purposes, that
a lower E*

a value indicates that less energy is required to form the activated complex of
azocasein hydrolysis, so the reaction is favored. Another important parameter to evaluate
the temperature influence on a catalyzed reaction is the temperature quotient (Q10), which
indicates the rate increase resulting from a 10 ◦C temperature rise. At temperatures
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between 30 and 50 ◦C, the mean value of Q10 (1.17) was very close to those reported by de
Castro et al. [30] for A. niger protease (1.20 to 1.28) in the temperature range of 35–55 ◦C. It
has been stressed that deviations of Q10 values from the typical range of enzyme reactions
(1.0 to 2.0) are indicative of the involvement of factors other than temperature in the
control of the reaction rate [31]. Therefore, it can be inferred that azocasein hydrolysis by
A. tamarii protease was kinetically controlled by temperature within the entire temperature
range investigated.
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protease produced by sequential fermentation using azocasein as a substrate (R2 = 0.993), and
(B) Arrhenius-type plot (on the right) to estimate the activation energy of the azocasein hydrolysis
reaction (R2 = 0.998).

Table 5. Kinetic and thermodynamic parameters of the azocasein hydrolysis reaction catalyzed by
the Aspergillus tamarii URM4634 protease produced by sequential fermentation using wheat bran as a
substrate. 25 ◦C was selected as a reference temperature.

Parameter Value
a Km (mg mL−1) 16.26

b Vmax (mg mL−1 min−1) 147.06
c kcat (s−1) 195.37

d E*a (kJ mol−1) 40.38
e ∆G* (kJ mol−1) 59.94
f ∆H* (kJ mol−1) 37.90

g ∆S* (J K−1 mol−1) −73.94
a Michaelis constant; b Maximum rate; c Turnover number; d Activation energy; e Activation Gibbs free energy;
f Activation enthalpy; g Activation entropy.
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The other thermodynamic parameters of azocasein hydrolysis, namely activation
enthalpy (∆H*), entropy (∆S*) and Gibbs free energy (∆G*), were also calculated by
Equations (2) to (4) and listed in Table 5.

The relatively low ∆H* value (37.90 kJ mol−1) indicates that the formation of the
transition state or activated enzyme-substrate complex occurred effectively; however,
this value is higher than that reported by Fernandes et al. [20] for azocasein hydrolysis
by A. heteromorphus protease (21.8 kJ mol−1). As known, ∆S* is correlated to the order
degree of a reaction system; therefore, in enzyme-catalyzed reactions negative values
such as that estimated in this study (−73.94 J K−1 mol−1) suggest that the structure of
enzyme-substrate at transition state is more ordered than that of the enzyme-substrate
complex. Similar qualitative behavior was observed for proteases [32] and other hy-
drolases such as β-fructofuranosidases [31], pectinases [33] and levansucrases [34]. As
known, ∆G* is the most suitable thermodynamic parameter to measure the feasibil-
ity and extent of a reaction, as the lower the ∆G* value the more feasible the reaction,
i.e., the conversion of the reactant into the product is more spontaneous [35]. The value
of ∆G* estimated for azocasein hydrolysis catalyzed by A. tamarii URM4634 protease
(59.94 kJ mol−1) is lower than those of casein and azocasein hydrolysis catalyzed by
other fungal (A. heteromorphus: ∆G* = 65.8 kJ mol−1 [20]) and bacterial (Bacillus stearother-
mophilus: ∆G* = 91.71 kJ mol−1 [32]; Bacillus cereus: ∆G* = 68.68–69.42 kJ mol−1 [36]) pro-
teases, which indicates that the conversion of the transition state of enzyme-substrate
complex into the product is more spontaneous.

2.4. Kinetic and Thermodynamic Parameters of Protease Thermal Denaturation

The time-dependent thermal inactivation of biocatalysts (denaturation) can be a major
problem in enzyme-catalyzed processes, and knowledge of the impact of this phenomenon
is particularly useful before running any industrial-scale bioprocess. Then, to evaluate the
protease thermostability, residual activity tests were performed in the temperature range of
50 to 80 ◦C, the results of which are shown in semi-log plots (Figure 4).
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The slopes of the straight lines obtained at different temperatures were used to esti-
mate the first-order inactivation rate constant (kd), whose values were estimated with a
satisfactory correlation (0.969 ≤ R2 ≤ 0.998) and are listed in Table 6 together with those
of the other kinetic and thermodynamic parameters. One can see that kd progressively
increased with temperature from 0.0030 to 0.0227 min−1, which means that denaturation
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became progressively more significant, likely due to the breaking of an increasing number
of strong electrostatic bonds.

Table 6. Kinetic and thermodynamic parameters of thermal denaturation of crude Aspergillus tamarii URM4634 protease
produced by sequential fermentation using wheat bran as a substate.

T
(◦C)

a kd
(min−1) R2

b t1/2
(min)

c D-Value
(min)

d Z-Value
(◦C)

e E*
d

(kJ mol−1)

f ∆G*d
(kJ mol−1)

g ∆H*d
(kJ mol−1)

h ∆S*d
(J mol−1 K−1)

50 0.0030 0.979 231.05 767.53

33.89 64.78

105.97 62.09 −135.76
60 0.0083 0.969 83.51 277.42 106.51 62.01 −133.57
70 0.0170 0.997 40.77 135.45 107.75 61.93 −133.52
80 0.0227 0.998 30.53 101.43 110.12 61.84 −136.71

a First-order inactivation rate constant; b Half-life; c Decimal reduction time; d Thermal resistance constant; e Activation energy of thermal
denaturation; f Activation Gibbs free energy of thermal denaturation; g Activation enthalpy of thermal denaturation, and h Activation
entropy of thermal denaturation.

At 50 ◦C, a temperature commonly used in several industrial processes, the crude
protease obtained by SF exhibited much longer half-life (t1/2 = 231.05 min) and decimal
reduction time (D-value = 767.53 min) than that produced by the same fungal strain
and substrate by SSF, either in crude (t1/2: 96.3 min; D-value: 319.9 min) or purified
(t1/2: 70 min; D-value: 232.6 min) form [37]. These results indicate that the protease
produced by SF is more thermostable than that obtained by SSF; therefore, one of the next
efforts will be an enzyme structural analysis that can provide some additional information
for a better understanding of the thermostabilization mechanism under SF conditions.
Moreover, the protease produced in the present study appears to be more thermostable
than other Aspergillus proteases at same temperature (50 ◦C), such as those produced by
A. fumigatus (t1/2: 96.3 min) [28], A. niger (t1/2: 135.91 min; D-value: 451.49 min) [30] and
A. heteromorphus (t1/2: 54.6 min; D-value: 181.3 min) [20].

As proof of protease thermostability, a thermal resistance constant (Z-value) of 33.89 ◦C
was estimated with good correlation (R2 = 0.945) from the slope of the semi-log plot of D-
value versus temperature (data not shown). In general, high Z-values, such as that obtained
in the present study, indicate a greater sensitivity to the duration of the heat treatment than
to the temperature increase [35]. The Z-value obtained is lower than that detected for the
protease produced by SSF either in crude (44.2 ◦C) or purified (75.8 ◦C) form [37], which
suggests a noticeable reduction in sensitivity to duration of thermal treatment when the
enzyme is produced by SF.

As for the thermodynamic parameters of protease thermal denaturation, an activation
energy (E*d) of 64.78 kJ mol−1 was estimated from the Arrhenius-type plot illustrated in
Figure 5 with satisfactory correlation (R2 = 0.955). As known, E*

d is related to the acti-
vation enthalpy of thermal denaturation (∆H*d), i.e., the total amount of thermal energy
required to denature the enzyme through disruption of non-covalent bonds, including
hydrophobic interactions [31], which varied between 61.84 and 62.09 kJ mol−1. Compar-
ison of the above E*d and ∆H*

d values with those of protease obtained by SSF either in
crude (E*d = 49.7 kJ mol−1; ∆H*d = 46.7–47.0 kJ mol−1) or purified (E*d = 28.8 kJ mol−1;
∆H*d = 25.9–26.1 kJ mol−1) form [37] confirms the higher thermostability of the enzyme
produced by SF. To the best of our knowledge, studies comparing the thermostability of
enzymes produced by different fermentation processes are very scarce. Nonetheless, the
work of Saqib et al. [38] can be cited, in which the authors reported, on the basis of kinetic
and thermodynamic parameters, a greater thermostability of an A. fumigatus endoglucanase
produced by SSF rather than by SmF. Therefore, further studies are needed to investigate
possible structural differences in enzymes produced in different fermentation processes,
including unconventional methods such as SF.
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Figure 5. Arrhenius-type plot used to estimate the activation energy of thermal denaturation of
Aspergillus tamarii URM4634 protease produced by sequential fermentation using wheat bran as
a substrate.

Usually, a breakdown of the enzyme structure occurs during thermal denaturation,
which is accompanied by an increase in the degree of disorder or randomness, i.e., a
positive value of the activation entropy (∆S*d) [28]. However, negative values of ∆S*d of
thermal denaturation ranging from −133.52 to −136.71 J mol−1 K−1 were estimated for
A. tamarii URM4634 protease produced by SF, suggesting an even higher order degree of
the transition state compared to the separate reactants and then, high thermostability in the
investigated range of temperature [39]. When ∆S is negative and ∆H positive, a process
is not spontaneous at any temperature, but the reverse process is [29], which means that
protease denaturation was reversible and not spontaneous at all temperatures investigated.
As for the Gibbs free energy of thermal denaturation (∆G*d), small or negative values of
this parameter are related to a more spontaneous process; contrariwise, large or positive
values like those estimated in this study (105.97 ≤ ∆G*d ≤ 110.12 kJ mol−1) indicate special
resistance to denaturation, confirming the thermostability indicated by the other kinetic
and thermodynamic parameters.

3. Materials and Methods
3.1. Materials

Azocasein was purchased from Sigma-Aldrich (St. Louis, MO, USA). Potato dextrose
agar (PDA) medium, glucose, yeast extract and all other reagents used were analytical
grade. Wheat bran used as a substrate in SmF and SF was acquired in a local market in the
city of Garanhuns, PE, Brazil.

3.2. Microorganism and Inoculum Preparation

The Aspergillus tamarii URM4634 strain was provided by the “Micoteca-URM” of
Mycology Department, Centre of Biosciences of Federal University of Pernambuco (UFPE),
Recife, PE, Brazil, preserved in mineral oil and maintained at 25 ± 1 ◦C in Czapek Dox agar
medium. For sporulation, the strain was inoculated in PDA medium for 7 days at 30 ◦C.
The spores were suspended in NaCl solution (0.9%) containing Tween 80 (0.01%), and the
inoculum was adjusted to a final concentration of 105 spores mL−1 and 107 spores g−1 of
substrate for the initial SmF and SF runs, respectively.

3.3. Protease Production by Sequential Fermentation

The sequential fermentation (SF) was performed at 30 ◦C in two steps. First the solid-
state fermentation (SSF) was conducted for 24 h, then the nutrient medium was added, and
the submerged fermentation (SmF) was carried out for the same time. The fermentation
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was performed in 250 mL-Erlenmeyer flasks containing 5 g of substrate (wheat bran
standardized to a particle size between 0.5 and 2.0 mm), nutrition solution (1.0% glucose
and 0.5% yeast extract) and a spore suspension (107 spores g−1), corresponding to a
60% moisture content. After 24 h of growth, we added, in the proportion of 20 mL g−1

of substrate, a nutrient medium adapted from Cunha et al. [7] having the following
composition: 0.14% (NH4)2SO4, 0.20% KH2PO4, 0.03% CaCl2, 0.02% MgSO4·7H2O, 0.50%
peptone, 0.20% yeast extract, 0.03% urea, 0.10% Tween 80, 0.10% mineral solution (5 mg L−1

FeSO4·7H2O, 1.6 mg L−1 MnSO4·H2O and 1.4 mg L−1 ZnSO4·7H2O) and supplemented
with glucose (40.0 g L−1). After 24 h of SmF carried out under stirring (150 rpm), the
fermented medium was filtered with a vacuum pump, and the crude enzyme extract was
stored at −20 ◦C for further analysis.

Protease production by SF was investigated using a 23-full factorial design plus four
central points, in which glucose concentration (30, 40 and 50 g L−1), medium volume (15,
20 and 25 mL g−1 of substrate) and inoculum size (106, 107 and 108 spores g−1 of substrate)
were selected as the independent variables (Table 1). Based on the results obtained with this
statistical design (Table 2), a central composite rotational design (CCRD) was performed to
better identify the experimental conditions to maximize protease production, in which the
independent variables were glucose concentration and medium volume (Table 3).

The statistical analysis of both experimental designs was performed using the software
package Statistica 7.0 (Statsoft Inc., Tulsa, OK, USA). The best fitting quadratic model
equation was determined by the Fisher’s test. The fitting ability of the model was assessed
by the coefficient of determination (R2) and the analysis of variance (ANOVA).

3.4. Protease Production by Submerged Fermentation

For comparison purposes, submerged fermentations were also performed at 130 rpm
and 30 ◦C for 48 h, according to Porto et al. [40] with some modifications, using wheat
flour as a substrate in 250 mL-Erlenmeyer flasks containing 50 mL of culture medium with
the following composition (%): filtered wheat flour, 4.0; NH4Cl, 0.1; MgSO4·7H2O, 0.06;
yeast extract, 0.1; K2HPO4, 0.435; glucose, 0.5; and 1.0% (v v−1) mineral solution (100 mg
FeSO4·7H2O; 100 mg MnCl2·4H2O; and 100 mg ZnSO4·H2O in 100 mL of distilled water).
The medium pH was adjusted to 7.0 before fermentation.

3.5. Analytical Determinations

Protease activity was determined as described by Ginther [41] with adaptations using
azocasein as a substrate. For this purpose, a 1.0% azocasein solution was prepared in
Tris-HCl buffer (0.2 M, pH 7.2) containing 1.0 mM CaCl2. The reaction was performed
using 0.15 mL of enzyme extract and 0.25 mL of azocasein solution at room temperature
(25 ± 1 ◦C). After 1 h, the reaction was stopped by addition of 1.0 mL of 10% trichloroacetic
acid (TCA). Then, the samples were centrifuged at 8000× g for 20 min at 4 ◦C, 0.8 mL
of supernatant were added to 0.2 mL of 1.8 M NaOH, and the absorbance of samples
was measured at 420 nm with a spectrophotometer (Biochrom Libra S6, Cambridge, UK).
Protease activity was defined as the enzyme amount responsible for a 0.1 increase in
absorbance at 420 nm within 1 h. The total protein concentration was determined by the
Bradford method [42] using bovine serum albumin (BSA) as a standard.

3.6. Effect of pH and Temperature on Protease Activity

The optimum pH of enzyme activity was determined through activity tests carried out
at 25 ◦C as described in the previous section using substrate solutions at pH values ranging
from 5.0 to 12.0. For this purpose, the following buffers were used at 0.1 M concentration:
citrate-phosphate (5.0–7.0), Tris-HCl (7.0–9.0) and glycine-NaOH (9.0–12.0). On the other
hand, the influence of temperature on protease activity was investigated through activity
tests carried out at different temperatures (30–80 ◦C) and constant pH (7.2). The results
were evaluated by the Tukey’s test to verify statistically significant differences (p < 0.05)
among different samples at different values of pH or temperature.
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3.7. Kinetic and Thermodynamic Parameters of Azocasein Hydrolysis

The Michaelis constant (Km) and maximum rate (Vmax) of azocasein hydrolysis were
estimated by the Lineweaver-Burk double reciprocal plot. For this purpose, protease
activity assays were performed using different substrate concentrations (2.0–100 mg mL−1)
at pH 7.2 and 25 ± 1 ◦C. The catalytic constant or turnover number (kcat) was calculated
as the ratio of Vmax to the protein concentration. The activation energy (E*

a) of substrate
hydrolysis was estimated by the Arrhenius-type plot of lnA0 versus 1/T, being A0 the
starting activity and T the absolute temperature, using the results of enzyme activity
tests. For a better understanding of temperature influence on the hydrolysis reaction, the
temperature quotient (Q10), which is the factor by which the enzyme activity increases due
to a 10 ◦C temperature increase, was calculated by the following equation [43]:

Q10 = anti log
(

E∗
a × 10
RT2

)
(1)

where R is the gas constant (8.314 J mol−1 K−1).
The thermodynamic parameters, namely the activation enthalpy (∆H*), Gibbs free

energy (∆G*) and entropy (∆S*) of azocasein hydrolysis, were calculated using the follow-
ing equations:

∆H∗ = E∗
a − RT (2)

∆G∗ = −RT ln
(

kcath
kbT

)
(3)

∆S∗ =
∆H∗ − ∆G∗

T
(4)

where h (6.626 × 10−34 J s) is the Planck constant, kb (1.381 × 10−23 J K−1) the Boltzmann
constant and T is the reference temperature (298.15 K).

3.8. Kinetic and Thermodynamic Parameters of Protease Thermal Denaturation

As known, the increase in temperature not only accelerates the enzyme reaction but
also promotes the reversible enzyme unfolding and the subsequent denaturation of its
structure [31]. The enzyme thermal denaturation can then be kinetically described by
the equation:

dA
dt

= −kd·A (5)

where kd is the rate constant of denaturation, A the enzyme activity and t the time.
Accordingly, the kd values were estimated through the linearized version of this

equation:

ln
(

A
A0

)
= −kdt (6)

from the slopes of the straight lines obtained by plotting the experimental data of ln(A/A0)
versus time in the temperature range of 50 to 80 ◦C, where A0 is the starting activity at
t = 0.

From the kd values, we also calculated the half-life (t1/2), which is defined as the time
after which the enzyme activity is reduced to one-half the initial value:

t1/2 =
ln 2
kd

(7)

and the decimal reduction time (D-value), i.e., the time required for a 10-fold activity
reduction:

D − value =
ln 10
kd

(8)
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The D-value is often accompanied by the thermal resistance constant (Z-value) that
corresponds to the temperature increase required to achieve a 10-fold reduction of the
D-value. This parameter was estimated from the slope of the thermal death time plot of
logD versus T (◦C).

The thermodynamic parameters related to protease thermal denaturation were also
estimated from an Arrhenius-type plot. Particularly, the activation energy (E*d) was
estimated from the slope of the straight line of lnkd vs. 1/T, while the activation enthalpy
(∆H*d), Gibbs free energy (∆G*d) and entropy (∆S*d) were calculated similarly to those of
enzyme-catalyzed reaction using kd instead of kcat in Equations (2)–(4).

4. Conclusions

The sequential fermentation (SF) process proved to be an interesting approach for pro-
tease production, showing higher outcomes (180.17 U mL−1) compared to the conventional
submerged fermentation (20.0 U mL−1). Several differences in the enzyme characteristics,
especially an improved thermostability, were observed compared to the protease obtained
in a previous study by solid-state fermentation using the same fungal strain and substrate,
thereby indicating the need to carry out further studies on the protein structure for a
better understanding of SF features. The enzyme produced has been classified as a neu-
tral protease (optimum pH of 7.0), which would offer several advantages in typical food
industry applications such as baking and brewing processes. Moreover, the kinetic and
thermodynamic study pointed out a satisfactory thermostability of the protease at 50 ◦C,
a temperature commonly used in many industrial processes, evidenced especially by a
half-life of 231.05 min and a decimal reduction time of 767.53 min. The results obtained in
this study can contribute to the development of the SF technique to produce proteases and
various other enzymes of industrial interest.
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Abstract: Lipase is an important group of biocatalysts, which combines versatility and specificity,
and can catalyze several reactions when applied in a high amount of industrial processes. In this
study, the lipase produced by Aspergillus japonicus under submerged cultivation, was immobilized
by physical adsorption, using clay supports, namely, diatomite, vermiculite, montmorillonite KSF
(MKSF) and kaolinite. Besides, the immobilized and free enzyme was characterized, regarding
pH, temperature and kinetic parameters. The most promising clay support was MKSF that pre-
sented 69.47% immobilization yield and hydrolytic activity higher than the other conditions studied
(270.7 U g−1). The derivative produced with MKSF showed high stability at pH and temperature,
keeping 100% of its activity throughout 12 h of incubation in the pH ranges between 4.0 and 9.0 and
at a temperature from 30 to 50 ◦C. In addition, the immobilized lipase on MKSF support showed an
improvement in the catalytic performance. The study shows the potential of using clays as support to
immobilized lipolytic enzymes by adsorption method, which is a simple and cost-effective process.

Keywords: lipase; immobilization; Aspergillus japonicus; montmorillonite KSF

1. Introduction

Lipases (also triacylglycerol ester hydrolase) [EC 3.1.1.3] are enzymes that hydrolyze
ester linkages of triglycerides [1,2]. Since these enzymes present large structural and
functional versatility, they are of greatest importance in industrial sector to be applied
in the food, pharmaceutical, detergent, textile, biodiesel production, cosmetic, among
others [3,4]. Considering the high number of lipase applications, the microbial lipase
market was valued at $400.6 million in 2017, with expectations to achieve a $590 million
in 2023 at a Compound annual growth rate (CAGR) of 6.8% [5]. Over the last years, the
growing interest in large-scale production of more natural enzymes, i.e., microbial lipase,
has increased due to its outstanding advantages, viz., high stability, high productivity yield,
no seasonal restrictions, use of agro-waste/residues as feedstock and low-cost production
as compared to other sources (animal or vegetable) [2,3,6].

In nature, a large number of microorganisms have been described as natural lipase
producers, among these, filamentous fungi stand out due to their ability to biosynthesize
extracellular lipases with improved catalytic characteristics in relation to stability and
specificity [7–10]. The filamentous fungi from the genera Aspergillus, Rhizopus, Penicillium,
Mucor, and Fusarium are commonly used for the commercial production of lipases [10],
with special notoriety on A. niger, Humicola lanuginosa, Mucor miehei, R. arrhizus, R. delemar,
R. japonicus, R. niveus, and R. oryza species [8]. The industrial needs for new microbial
sources of lipases with different catalytic characteristics [11] encouraged the search of new
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strains, viz, A. japonicus. In this sense, following the selection of lipase-strain producer, the
enzyme immobilization its necessary, as it allows easy control of reaction parameters (flow
rate and substrates), reuse of immobilized catalysts and suitable chemical, mechanical and
thermal stability [3,12].

A wide range of physical and chemical techniques have been used over the last few
years for lipases immobilization purpose, cf., adsorption, encapsulation and entrapment,
confinement, covalent binding and cross-linking [12], physical adsorption (lipases im-
mobilized by hydrophobic interactions) [13–15] followed by covalent binding being the
main methods used [16]. It should be noted that the choice of support for immobiliza-
tion is crucial for the catalytic effectiveness of an enzyme, and in general, the support is
considered ideal when it has good biocompatibility, high physical and chemical stability,
presence of multiple enzyme-support binding points and low cost [17]. Inorganic clays
are low-cost supports, with high adsorption capacity, environmentally friendly properties
and renewable abundance [18,19]. Among those, clay minerals such as, diatomite, ver-
miculite, montmorillonite KSF and kaolinite are good examples of supports for enzyme
immobilization [20], due to the unique physicochemical characteristics, viz, high thermal
and chemical stability, mechanical strength, charge density (excellent ion exchange and
adsorption capacity), relative hydrophobicity–hydrophilicity, high surface area, microbial
resistance, environmental sustainability and economically viable [18,21–30].

The adsorption of enzymes to clay miners depends on a series of physical and chem-
ical characteristics of the clays, as well as the structural characteristics of the enzymes,
ionic strength of the adsorbent solution and the interaction between these factors [22,31].
Smectite clays such as montmorillonite have a large surface area and pore volume, useful
characteristics in the adsorption process, the enzymes can be adsorbed on both the inter-
nal and external surface of the mineral [21,31,32]. These materials have been successful
used to immobilize invertase [33,34], α-amylase [34], glucoamylase [34], lipase [22,35–41],
inulinase [42], pectinase [25], phytase [21] and rhynchophorol [30].

Following these promising reports, the aim of this study was focused on the pro-
duction by submerged culture and immobilization of Aspergillus japonicus (A. japonicus)
lipase using different supports (diatomite, vermiculite, montmorillonite KSF and kaolinite)
by physical adsorption procedure. As a final test to validate the industrial potential of
A. japonicus lipase, the kinetic properties of enzymatic derivatives and its free form were
evaluated and compared.

2. Results and Discussion
2.1. Production of Lipase by A. japonicus

As aforementioned, microbial lipases, cf., Aspergillus-based lipases present great poten-
tial to be used in many industrial fields, to produce detergents, biodiesel, bread, functional
foods, among others [43]. There are few reports about the microbial production of lipase by
A. japonicus in the literature [44–50]. However, among the works found, it is clear that the
kinetic parameters (KM and Vmax) are directly affected by the composition of nutritional
media, substrate used in the enzymatic assay, type of cultivation (solid or submerged) and
several processual parameters, i.e., pH, temperature and agitation [44–50]. The ideal tem-
perature to achieve high lipase production yields generally ranges from 30 to 50 ◦C [45–50]
and pH 6.0 to 8.5 which are considered optimal for A. japonicus growth and therefore the
successful production of lipase [45–50].

In this work, the production of extracellular lipase by A. japonicus using olive oil as sub-
strate was evaluated, and the obtained enzymatic extract clearly demonstrate the ability of
microorganism to hydrolyze triacylglycerols, achieving, 20.42 U ml−1 and 934.958 U mg−1

of lipase hydrolytic activity and specific activity, respectively. These results are in ac-
cordance with those (20.6 U ml−1) obtained by Karanam et al. [44] in the hydrolysis of
p-nitrophenyl palmitate (pNPP) by a lipase preparation using a genetically modified strain
of A. japonicus MTCC 1975. Evaluating the lipase production by A. japonicus LAB01 in
medium supplemented with sunflower oil (1% w w−1), at pH 6.0, Souza et al. [47] achieved
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28.04 U ml−1 on pNPP hydrolysis. Likewise, purified lipase obtained by A. japonicus
produced in cultivation media containing malt extract, also showed specific activity of
36.83 U mg−1, using Jatropha oil as substrate [45]. So, the filamentous fungi A. japonicus has
the ability to metabolize different substrate to produce lipolytic enzymes with application
in several biotechnological processes.

2.2. Characterization of Free A. japonicus Lipase
2.2.1. pH Effects on Enzyme Activity and Stability

The pH has great effect on the lipase activity, being essential to define this parameter
for the efficient characterization of the A. japonicus lipase produced. The activity profiles and
stability of the free lipases at pH 3.0 to 10.0 using different buffers at the same concentration
(0.1 M) were measured (Figure 1a).
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Figure 1. Characterization of lipase from A. japonicus in relation to optimal pH (a) and pH stability
through time (until 12 h of incubation) (b). These experiments were performed at 30 ◦C. In the
optimal pH, 100% is related to the highest hydrolytic activity achieved. In the pH stability studies,
the initial activity obtained at time zero to each pH was considered 100% (different values for each
pH values). The error bars represent the standard deviation of triplicates.

As depicted in Figure 1a the hydrolytic activity of the free lipase is highest in the pH
8.0. It is well-known that lipases show their activity at alkaline pH as result of a change in
the ionization state of amino acid that varies with pH, and consequently affect the active
site and the enzyme conformation [51–53]. The optimum pH found in this study for the
activity of A. japonicus lipase are similar to results reported in literature using the same
microbial specie, in which maximum lipase activities were obtained around pH 6.7 to
7.9 [45] and 8.5 [47].
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The pH stability of lipases produced through submerged cultivation of A. japonicus
was initially assessed at pH 4.0 to 9.0 (Figure 1b). In this particular case, the initial
activity value (time zero) obtained for each pH (from 4.0 to 9.0) was defined as 100%. As
shown in Figure 1b, at pH 7.0 lipase showed high stability value, preserving 92% of its
original hydrolytic activity after 12 h of reaction. This result is in accordance with previous
studies [54] in which lipase produced by Aspergillus sp., achieved high pH stability at 7.0
after 48 h of incubation. In this work, interesting results were also observed at pH 9.0
(Figure 1b), in which a slight decrease of ~20% after 4 h was detected maintaining the
original activity (~80%) until the end of 12 h of incubation. The present results demonstrate
that the microbial enzyme under study is an alkaline lipase, that maintain the stability under
basic conditions and can be used in several industries for the production of detergents, for
example [47].

2.2.2. Temperature Effects on Enzyme Activity and Stability

The effect of temperature (at pH 8.0, optimal pH conditions) on the lipase activity
was also evaluated, and the enzyme demonstrate activity in a wide range of temperatures
(20–60 ◦C), with maximum activity value reached at 30 ◦C (Figure 2a). The results were
similar to those of A. niger strain MTCC 872 [55] and A. niger [56]. According to the literature,
several microbial lipases produced by Aspergillus species exhibit optimal temperature close
to 37 ◦C [51,54,57,58].
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Figure 2. Characterization of A. japonicus lipase in relation to optimal temperature (a) and temperature
stability through time (until 12 h of incubation) (b). These experiments were performed at pH 8.0.
In the optimal temperature, 100% is related to the highest hydrolytic activity achieved. In the
temperature stability studies, the initial activity obtained at time zero to each temperature was
considered 100% (different values for each temperature values). The error bars represent the standard
deviation of triplicates.
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The thermostability of lipase was studied by incubating it at different temperatures:
20 ◦C, 30 ◦C, 40 ◦C and 50 ◦C, at pH 8.0 for 12 h. Note that, the 100% is referred to the
initial activity value obtained at time zero for each temperature evaluated. As depicted
in Figure 2b, at 30 ◦C, the enzyme was stable for the 12 h of study and retained 100% of
its activity. However, when the enzyme was incubated at 20 ◦C and 40 ◦C the enzyme
maintained 95.45% and 93.1% of its activity after 4 h of incubation. After this period, at
20 ◦C a pronounced loss of enzyme activity was observed, reaching around of 50% of
activity after 12 h of incubation. Interestingly, at 20 ◦C, the activity loss initiated from 4 h
of incubation, and after 12 h, it was achieved an activity loss around 75%. For 50 ◦C, lipase
lost about 40% of its relative activity after 2 h and at the end of 12 h of incubation time,
a decrease in the hydrolytic activity (75–60%) was perceived, indicating a possible lipase
denaturation caused by prolonged exposure to temperatures (20, 40 and 50 ◦C) [54,59].
According to these results, 30 ◦C in not only the temperature of optimal enzyme activity
but also the one that keeps the lipase stability. From the literature, it is known that the
formation of the enzyme-substrate complex is impacted by the temperature since it has
influence in the number of collisions between the enzyme and substrate [54,59]. However,
high temperatures, 40 and 50 ◦C in the case of A. japonicus lipase, may promote the protein
denaturation which explains the low activity measured at these conditions after 12 h
of incubation.

It was also performed the polyacrylamide gel electrophoretic of culture media contain-
ing the enzyme. According to Mala and Takeuchi [60], the molecular weight of microbial
lipase is from 20 to 60 kDa. From the electrophoresis data, it can be seen that the culture
media containing the A. japonicus lipase has a single band with a relative molecular weight
of 25 kDa on SDS-PAGE gel (Figure 3), demonstrating that the obtained A. japonicus lipase
has a single subunit. A. japonicus lipase with molecular weight of 25 kDa was reported
by Souza et. al [47] while the same specie produced an enzyme with molecular weight of
43 kDa using Jatropha oil as substrate [45].
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2.3. Immobilization of A. japonicus Lipase Using Different Supports  

Figure 3. SDS-Page of A. japonicus lipase produced by submerged culture. The columns represent:
M: molecular weight markers (14.4–97 kDa). A: culture media containing A. japonicus lipase at
155.2 mg mL−1; B: culture media containing A. japonicus lipase at 257.2 mg mL−1.

2.3. Immobilization of A. japonicus Lipase Using Different Supports

The immobilization of lipase was performed by physical adsorption using four differ-
ent supports, namely, diatomite, vermiculite, montmorillonite KSF (MKSF) and kaolinite,
and in all cases 1 g of support were suspended in 20 mg mL−1 of protein. The immobiliza-
tion yield of each derivative was calculated by comparing the protein content of enzymatic
solution in the initial and the final immobilization. The results in Figure 4 exhibit the
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hydrolytic activity expressed in U g−1 and immobilization yield (%) of A. japonicus lipase
immobilized in the above-mentioned supports.
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As shown in Figure 4 all supports were able to immobilize lipase from A. japonicus,
the immobilization yields (%) and enzymatic activity (U g−1) follow the trend: MKSF
(69.47 and 270.7) > kaolinite (68.14 and 75.51) > vermiculite (58.45 and 72.89) > diatomite
(7.97 and 10.5). So, the MKSF support presented the highest yield. The hydrolytic activity
obtained for lipase immobilization using MKSF (270.7 U g−1) were three-fold more than
the obtained using kaolinite (75.51 U g−1) with immobilizations yield around ~70%. The
adsorption of enzymes in a different types of clay minerals, involves a wide variety of
physical and/or chemical interactions, which mainly depend on the nature and type of
both compounds. The surfaces of clay minerals may differ mainly due to the presence of
the enzyme molecule [61], and even with high immobilization yields, i.e., kaolinite (68.14%)
and vermiculite (58.45%) (Figure 4), low biocatalyst activity can occur. This behavior
usually arises, when the adsorption occurs near to the enzyme active site, hindering the
access of substrate molecules, or even due to the diffusion resistance [33].

Similar studies regarding lipases and MKSF, were also reported by Scherer et al. [38],
in the immobilization of porcine pancreatic lipase by physical adsorption using MKSF. In
this case the immobilization yield reached 38.2% and high esterification activity were also
observed (1400 U g−1) demonstrating the potential of MKSF effective support for use in
the immobilization of lipases.

Proteins are usually adsorbed by several interactions such as, cation exchange, electro-
static interactions, van der Waals forces, hydrogen bonds, or by the hydrophobic/hydrophilic
moiety present on the clay surface [31,62,63]. Often, in protein immobilization using clay
supports, protein molecules spontaneously interact with hydrophobic regions [31] and in
particular case of the increased activity of lipases in the presence of MKSF (hydrophobic
interphases) is known as “interfacial activation” [35,64–66].

In the study developed by Sani et al. [67], the lipase from Rhizopus oryzae was immobi-
lized by physical adsorption on a polypropylene support with additive CAVAMAX ® W6
achieving an increase of 100% in relative activity after immobilization. According to the au-
thors, the interactions between lipase and support were mostly hydrophobic, the hydropho-
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bic effect resulted in open conformation and interfacial activation of lipase during adsorp-
tion, leading to an improvement in the enzymatic activity after immobilization procedure.

Most lipolytic enzymes present on their surface, close to the active site, a helical loop,
referred in the literature as a “lid” [68,69]. When lipases come into contact with hydrophobic
surfaces, the reaction is similar to the way they recognize natural substrates (generally
lipids) and the “lid” opens, allowing exposure of the enzyme’s active site, a phenomenon
called interfacial activation [35,64–66]. In a hydrophobic or non-aqueous environment, the
hydrophobic layer triggers the opening of the “lid”, allowing the entry of the substrate
into the active site, whereas in aqueous environments the lipase remains inactive [70,71].
Thus, the enzymatic activity of the lipases that contain the “lid” is controlled by the
cap domain [71,72]. Thus, immobilization process on hydrophobic supports allows the
immobilization of the open conformation of the lipase, improving its enzymatic activity,
causing the enzyme to hyperactivate [66,73–75]. It is important to highlight that the lipase
contains one or more caps in the helix form and that not all lipases undergo interfacial
activation [71].

As a result of the interesting immobilization yield and hydrolytic activity obtained
with lipase from A. japonicus immobilized with MKSF, this derivative was selected to
evaluate the effect of pH and temperature on activity and stability and the determination
of kinetic parameters in the next section.

2.4. Characterization of A. japonicus Lipase Immobilized on MKSF

In the previous section, it was shown that the great hydrolytic activity and immobi-
lizations yields of lipase were obtained using MKSF as a support. Therefore, to obtain a
better understanding of the impact of the support (MKSF) it is essential to understand
the changes occurred in the kinetics parameters, pH and temperature stability during the
lipase immobilization process, as discussed in the next subsections.

2.4.1. Effect of pH and Temperature on Immobilized Lipase Activity

The effect of pH in the immobilized lipase activity was studied in the range of pH
from 3.0 to 10.0 using different buffers at 0.1 M (Figure 5). The immobilized lipase showed
different behaviors of pH dependence than the free lipase, achieving the optimal pH at 7.0
and 8.0, with high relative activity of 95.5% and 100%, respectively (Figure 5a). As also
depicted in Figure 5a, the immobilized lipase showed much higher activity than the free
enzyme (Figure 1a), and improvements in relation to the hydrolytic activity in the range
of pH 4.0 to 10.0 were observed. A similar observation was reported by Tacin et al. [76]
using Aspergillus sp. lipase immobilized by octyl-sepharose. In this particular case, the
authors suggested that the changes in the optimal pH of immobilized lipase is directly
related to the conformation change of the enzyme molecules after immobilization, making
the catalytic site more easily accessible to the ions (H+ or OH−).

In this set of trials, the initial activity (time zero) defined as 100%, was considered
different to each pH as depicted in Figure 5b. In all evaluated pH (from 4.0 to 9.0) the
immobilized lipase showed great pH stability, maintaining the catalytic activity (100%) for
12 h of incubation reaction, achieving an improvement (40%) in pH stability as compared
with the free lipase (Figure 1b). A similar extended pH profile for lipase immobilized
on montmorillonite K10 was also reported by Sanjay and Sugunan [33]. The shift in the
pH optimum for lipase immobilized in usually, and as reported by Dong et. al [35], the
maximum amount of H+ ions in the support surfaces leads to the changes in pH value on
the catalysis microenvironment.

In a study performed by Sanjay and Sugunan [33] to immobilize invertase enzyme
using montmorillonite K10, this process changed the optimal pH from 5.0 to 6.0. According
to the author, negatively charged supports, as montmorillonite K10, changes the optimal
pH due to charge interaction changing the enzyme ionization.
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Figure 5. Characterization of A. japonicus lipase immobilized in MKSF support in relation to optimal
pH (a) and pH stability through time (until 12 h of incubation) (b). These experiments were performed
at 30 ◦C. In the optimal pH, 100% is related to the highest hydrolytic activity achieved. In the pH
stability studies, the initial activity obtained at time zero to each pH was considered 100% (different
values for each pH values). The error bars represent the standard deviation of triplicates.

Additionally, the effect of temperature on the immobilized A. japonicus lipase activities
was also investigated in the range of 20 a 60 ◦C (Figure 6a). The maximal activity of
the immobilized lipase was as high as 30 ◦C, the same value obtained by the free lipase
(Figure 2a). Similar results were found by Zou et. al [41] and Sani et. al. [66] in which the
enzymes kept their optimal temperature at 50 ◦C. However, the immobilized enzymes
were more stable in a wide range of temperature as compared with free-enzyme.

Figure 6b, demonstrates the effect of reaction temperature on the activities of the
immobilized lipases within the range of 20, 40 and 50 ◦C at optimal pH (8.0), and the initial
activity (at time zero) was defined 100% for each temperature evaluated. As observed,
the optimal reaction temperature (30, 40 and 50 ◦C) of immobilized lipase achieved the
100% of the original catalytic activity for 12 h of incubation. On the contrary, with the
reaction temperature constantly decreasing to 20 ◦C, the relative activity of immobilized
lipase only maintained 87.1% of its activity at the end of 12 h. In this set of experiments,
it was observed that immobilized A. japonicus lipase present much wider temperature
endurance range.

The temperature has two-main impacts on the A. japonicus lipase catalytic activity,
namely, (i) the thermal energy of substrate (olive oil) is affected by the increasing of
temperature that led to the collision of substrate molecules with enzymes and (ii) the
increase of temperature can also lead the denaturation of lipase caused by the cleavage
of non-covalent bonds [54,59]. In this way, the immobilization process can promote a
protection against exposure to high temperature [37,77] and prevent the unfolding of the
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tertiary structure of the enzyme [78]. As cited before, high temperatures can promote the
disruption of disulphide bonds and salt bridges (ionic bonds), interactions that maintain
the spatial conformation of the enzymes [79,80]. Thus, the immobilized enzyme maintained
these bonds in the studied temperature range.
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Montmorillonite are 2:1 dioctahedral, and are the most commonly used clay mineral
as outstanding supports with capability to adsorb enzymes on the external surface (hy-
drophobic interactions) and intercalated in interlayer space (cation exchange) [61]. The
enzymes (e.g., lipases) immobilization by cation exchange, in the support (montmorillonite)
interlayer space, provides to the enzyme, more stability, and protection against thermal
denaturation [61,81–83]. Thus, the great results concerning the stability (in pH and temper-
ature), of derivatives immobilized in MKSF may be related to the partial immobilization of
A. japonicus lipase by intercalation.

Similar trends were observed by Benamia et. al [37] in a work focused on the identifica-
tion of natural supports for immobilization of Candida rugosa lipase (CRL). In this work, the
immobilized CRL on Maghnite-H exhibited good thermostability over a wide temperature
range (30–90 ◦C) compared to the free one. Tu et. al [40] studied the Yarrawia lipolytica lipase
immobilization in chitosan modified with clay (Na-betonite) and the lipase immobilized
were more thermostable than the enzyme immobilized in chitosan no-modified and the
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free one and showed more reusability (up to 7 reuses). According to the authors, the
incorporation of clay provided a support with greater adsorption capacity and greater
rigidity (mechanical resistance), improving its performance. In the studies performed by
Morais et al. [84] in the immobilization of Endocellulase and β-glucosidase in magnetic iron
oxide nanoparticles demonstrated that the enzymatic immobilization improved the thermal
stability of the biocatalysts, achieving residual activities of 80% in 72 h of incubation at
60 ◦C.

2.4.2. Kinetic Parameters of Free and Immobilized Lipase

Apparent kinetic parameters are essential for the selection of enzyme regarding differ-
ent industrial processes and applications. Kinetic parameters of the free and immobilized
lipases were determined in the optimal temperature and pH conditions (30 ◦C, pH 8.0,
200 rpm at 5 min), varying only the olive oil (substrate) from 186 to 2604 mM in the reac-
tional media. Through using software Origin 8.0, the Michaelis-Menten constant (KM) and
the initial maximum reaction velocity (Vmax) of the lipase were calculated. The results for
free and immobilized lipases are given in the Figure 7a and b, respectively.
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As observed in Figure 7a the experimental data set fit with the calculated theoretical
data, with an R2 = 0.9986, demonstrating that the produced lipase from A. japonicus follows
the Michaelis-Menten kinetics. The values of KM and Vmax obtained was 79.35 mM and
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30.71 µmol min−1, respectively. In study reported by Bharti et al. [45], lipase produced by
other strain of A. japonicus also followed the Michaelis-Menten kinetics.

As observed in Figure 7b, the predicted and experimentally KM value illustrated a corre-
lation of R2 = 0.9849. The Vmax and KM values of immobilized lipase were 402.56 µmol min−1

and 9.87 mM, respectively. The KM value obtained with the immobilized lipase was 4 times
lower than those obtained with free lipase (79.35 mM) (Figure 7a). Note that, the higher
KM value suggested the lower affinity between the enzyme and substrate [85], and in this
particular work, the low value of the KM in the A. japonicus lipase immobilized MKSF
suggested the higher affinity to the substrate in comparison to the free form. The Vmax
value of immobilized lipase (402.56 µmol min−1) was 13 times greater than those obtained
with the free one (30.71 µmol min−1) (Figure 7a) proving that the enzyme activity improved.
Moreover, these results suggest that the native lipase conformation was not altered by the
immobilization process [34].

Actually, immobilized enzyme in different supports is applied in continuous process in
food industry to produce corn syrup, cocoa butter analogues and galacto-oligosaccharides,
synthesis of chiral molecules among others [86], in pharmaceutical industry to synthetize
chiral molecules [86] and in the chemical industry to produce complex molecules such as
chiral amines and herbicides [86]. So, there is a wide range of process that immobilized en-
zymes can be applied and the results reported in the present work demonstrate that the low
cost MKSF is a promising support for A. japonicus lipase, and can encourage the scientific
community to explore other clays-based substrates for enzymes immobilization, providing
a natural and economical support to the industrial application of immobilized enzyme.

3. Materials and Methods
3.1. Material

Peptone (bacteriological) and Potato Dextrose Agar (PDA) were acquired from Acumedia®.
Olive oil from Carbonell® (Córdoba, Spain) was obtained in a local market. Kaolinite
was purchased from Sigma-Aldrich (St. Louis, MO, USA) and diatomite, vermiculite,
montmorillonite KSF, were acquired from Laboratório de Peneiras Moleculares (LABPEMOL)
from Federal University of Rio Grande do Norte (UFRN). All the other reagents were of
analytical grade and used as received.

3.2. Microorganism

Aspergillus japonicus DPUA1727 was kindly provided by the Culture Collection of
Federal University of Amazonas, DPUA, AM, Brazil. The A. japonicus preserved in distilled
water was reactivated in PDA (39.0 g L−1 agar potato dextrose composed of dehydrated
Potato Infusion and Dextrose) supplemented with yeast extract (0.5% w v−1) and main-
tained at 30 ◦C for 7 days. Afterward, the cultures were kept in the refrigerator at 4 ◦C and
defined as a stock culture for the whole work.

3.3. Production of Aspergillus japonicus Lipase by Submerged Culture

Initially, lipase was produced using a methodology described by Tacin et al. [54].
Briefly, the inoculum was prepared in PDA plates, and the cultures were maintained
at the same reactivation conditions. Following, 5 mycelial agar discs (8 mm diameter)
of microorganism were inoculated in Erlenmeyer flasks (250 mL) containing 50 mL of
culture medium composed of (g L−1, in deionized water): peptone (40); olive oil (1.6);
MgSO4·7H2O (1.2); KH2PO4 (2.0) and NH4NO3 (2.0). The experiments were performed in
triplicate and the initial pH of the culture medium was adjusted to 7.0. Cells were grown
for 72 h at 30 ◦C and 150 rpm in an orbital shaker New Ethics, model 521/2DE (Piracicaba,
SP, Brazil). After the cultivation, A. japonicus biomass was separated from the fermented
supernatant containing the enzyme by conventional filtration using a filter paper Whatman
80 g m−2 (Maidstone, Kent, England). The cell-free filtrate containing lipases, was used
to measure the hydrolytic enzyme activity and total proteins, according methodologies
described in Sections 3.4.1 and 3.4.2, respectively.
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3.4. Analytical Methods
3.4.1. Determination of Hydrolytic Enzyme Activity

The hydrolytic enzyme activity was carried out using an emulsion containing olive oil
50% w w−1 and gum Arabic 7% w w−1 [87]. The unit of hydrolytic enzyme activity was
calculated as the amount of enzyme required to hydrolyze 1 µmol of fatty acid per minute
of reaction. The activity was expressed in µmol mL−1 min−1 (U mL−1) for lipase in free
form and in µmol g−1 min−1 (U g−1) for immobilized derivatives.

3.4.2. Determination of Protein Content

The concentration of total proteins was determined by the method described by
Bradford [88]. Briefly, 100 µL sample was mixed with 5 mL Bradford reagent Sigma-
Aldrich (St. Louis, MO, USA). After 5 min, the absorbance was measured in the wave-
length of 595 nm in a Spectrophotometer model Thermo Scientific™ GENESYS 10S UV-Vis
(Waltham, MA, USA). Protein content was estimated by means of a calibration curve
obtained using concentrations of 0.05 to 1 mg mL−1 of Bovine Serum Albumin from
Sigma-Aldrich (St. Louis, MO, USA).

3.4.3. SDS-PAGE Analysis

The electrophoresis analyzes of A. japonicus extracts performed based on the method-
ology described by Laemmli [89]. The gel was prepared with 12% polyacrylamide by
applying 30µL of the sample ate the concentrations 155.2 mg mL−1 and 257.2 mg mL−1

and 14.4–97.0 kDa molecular weight marker BluEYE Sigma-Aldrich (St. Louis, MO, USA).

3.4.4. Lipase Immobilization Using Different Supports

The immobilizations of microbial lipase on different supports, namely diatomite,
vermiculite, montmorillonite KSF and kaolinite, were performed based on the method-
ology described by Vescovi et al. [14]. For that, 1 g of each support was suspended in
25 mL of enzyme solution (20 mg mL−1 of protein prepared in 25 mM sodium phos-
phate buffer at pH 7.0). The suspension was kept under mild stirring in a roller Shaker
Quimis (Diadema, SP, Brazil) for 24 h, at 25 ◦C. After that, the solution was centrifuged at
8161× g in centrifuge Eppendorf model 5415 D (Hamburg, Germany) for 5 min, to separate
derivates, followed in the supernatant was determined the hydrolytic activity and the
protein content, according methodologies described at Sections 3.4.1 and 3.4.2, respectively.
The immobilization yield (n, %) was calculated according to the Equation (1):

N = 100 − ((P × 100)/Po) (1)

where: P = Protein content of immobilized derivative supernatant; Po = Protein content
absorbance in time 0.

3.5. Characterization of Free and Immobilized Microbial Lipase
3.5.1. Determination of Optimum pH and Temperature

In order to evaluate the optimal pH of the enzyme, the hydrolytic lipase assay was car-
ried out at different pH values (from 3.0 to 10.0) using different buffers at 0.1 M: Mcllvaine
buffer (pH 3.0 to 6.0), phosphate buffer (pH 7.0 and 8.0) and carbonate bicarbonate Buffer
(pH 9.0 to 10.0). These experiments were performed at 30 ◦C. The optimal temperature was
determined in the optimum pH 8.0 and it was calculated using a hydrolytic lipase activity
incubated in the temperature ranged from 20 to 60 ◦C, in a thermostatic bath New Ethics
model 521/2DE (New Ethics, Piracicaba, Brazil).

3.5.2. Determination of Kinetic Parameters

The influence of olive oil substrate concentration on the initial hydrolysis activity
of A. japonicus lipase (free or immobilized), was evaluated under the optimum pH and
temperature conditions of the reaction (30 ◦C, pH8, 200 rpm at 5 min). Since olive oil
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concentration lower than 186 mmol did not generate a stable emulsion, the kinetic studies
were performed varying the olive oil substrate from 186 to 2604 mmol, i.e, 5 to 70% w w−1.
For this relation (mmol in % w w−1), the average molar mass of olive oil of 1344 g mol−1

was considered, based on its fatty acid composition. The kinetic constant: Michaelis-
Menten constant (KM) and specific enzyme activity (Vmax) were calculated from the data
obtained experimentally with the equation of Michaelis-Menten using software Origin
8.0 OriginLab (serial GA3S5-6089-7173339, USA).

3.5.3. Stability of the Free and Immobilized Microbial Lipase

For pH stability, the enzymatic extract (1 mL) or immobilized derivative (0.05 g) were
incubated in a thermostatic bath at 30 ◦C, pH from 4.0 to 9.0 for 12 h. In the case of
temperature stability, the enzymatic extract (1 mL) or immobilized derivative (0.05 g) were
also incubated in a thermostatic bath at 20 ◦C, 30 ◦C, 40 ◦C and 50 ◦C, in optimal pH for
12 h. In both cases, the residual hydrolytic activity of lipase was determined after 0, 2, 4, 6
and 12 h according to methodology described at Section 3.4.1.

For the stability assays, the relative activity (RA, %) of lipase from A. japonicus lipase
immobilized by physical adsorption were calculated according to the Equation (2):

RA = (LA × 100)/LA0 (2)

where: LA is the free/immobilized lipase activity after the incubation time and LA0 initial
enzymatic activity.

4. Conclusions

In this work, the immobilization process of lipase produced by A. japonicus using clays
as support was studied. The lipase immobilized in MSKF showed the more promising
results comparing to the other supports evaluated achieving immobilization yield and
hydrolytic activity of 69.47% and 270.7 U g−1, respectively. Comparing the catalytic
performance of enzyme immobilized and free, the immobilization process improved the
lipase stability regarding temperature and pH and promoted an increment in the enzyme-
substrate affinity since the value of VMAX increased compared to the free one while the
value of KM decreased. These findings shows that the lipase immobilization on clay support
creates a good synergetic able to improve the lipase catalytic performance being an interest
purpose to apply in lipases with industrial interests.
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Abstract: Phenylalanine ammonia-lyase (PAL) links the plant primary and secondary metabolisms,
and its product, trans-cinnamic acid, is derived into thousands of diverse phenylpropanoids. Bam-
busa oldhamii BoPAL4 has broad substrate specificity using L-phenylalanine, L-tyrosine, and L-3,4-
dihydroxy phenylalanine (L-DOPA) as substrates to yield trans-cinnamic acid, p-coumaric acid, and
caffeic acid, respectively. The optimum reaction pH of BoPAL4 for three substrates was measured at
9.0, 8.5, and 9.0, respectively. The optimum reaction temperatures of BoPAL4 for three substrates
were obtained at 50, 60, and 40 ◦C, respectively. The Km values of BoPAL4 for three substrates
were 2084, 98, and 956 µM, respectively. The kcat values of BoPAL4 for three substrates were 1.44,
0.18, and 0.06 σ−1, respectively. The major substrate specificity site mutant, BoPAL4-H123F, showed
better affinity toward L-phenylalanine by decreasing its Km value to 640 µM and increasing its
kcat value to 1.87 s−1. In comparison to wild-type BoPAL4, the specific activities of BoPAL4-H123F
using L-tyrosine and L-DOPA as substrates retained 5.4% and 17.8% residual activities. Therefore,
L-phenylalanine, L-tyrosine, and L-DOPA are bona fide substrates for BoPAL4.

Keywords: Bambusa oldhamii; phenylalanine ammonia-lyase; phenylalanine/tyrosine ammonia-lyase;
substrate specificity; plant secondary metabolism; phenylpropanoid

1. Introduction

Phenylalanine ammonia-lyase (PAL, EC 4.3.1.24) is the enzyme that catalyzes the first
committed step of general phenylpropanoid pathways in plants, catalyzing the conversion
of L-phenylalanine (L-Phe) to trans-cinnamic acid via a non-oxidative deamination reaction
(Scheme 1) [1–3]. Trans-cinnamic acid served as the start point of secondary metabolism is
then hydroxylated by a membrane-bounded cinnamate 4-hydroxylase (C4H, EC 1.14.14.91)
to yield p-coumaric acid [4] for the synthesis of thousands of phenylpropanoids [5,6].
Plant hormone, salicylic acid, is also synthesized via the PAL-mediated pathway [7]. PAL
activity is elevated by light treatment, maintaining phenolic compound levels in fresh-cut
sweet peppers [8]. Trans-cinnamic acid and p-coumaric acid have been shown to exert
multifarious health benefits for humans, including anti-diabetic, anti-obesity, anti-oxidant,
and anti-microbial activities [9,10]. P-coumaric acid is further hydroxylated by 4-coumarate
3-hydroxylase (4CMH or C3H, EC 1.14.14.9) to yield caffeic acid, an intermediate involved
in the early stage of lignin biosynthesis [11]. In humans, caffeic acid provides numerous
beneficial biological activities, including anti-oxidant and anti-microbial activities [12–14].
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Scheme 1. The enzyme reaction catalyzed by the bamboo BoPAL4 phenyl alanine/tyrosine ammonia-lyase (PTAL). BoPAL4
PTAL catalyzes the non-oxidative deamination of L-phenylalanine to yield trans-cinnamic acid for the synthesis of p-
coumaric acid via the enzyme reaction catalyzed by the C4H cinnamate 4-hydroxylase. BoPAL4 PTAL can bypass the
BoC4H requirement to produce p-coumaric acid by the deamination of L-tyrosine. In plants, p-coumaric acid is hydroxylated
at C-3 position to yield 3,4,-dihydroxy trans-cinnamic acid, also known as caffeic acid, by the 4CMH/C3H 4-coumarate
3-hydroxylase. BoPAL4 PTAL can also bypass the 4CMH requirement to produce caffeic acid by the deamination of
L-3,4,-dihydroxy phenylalanine (L-DOPA).

Histidine ammonia-lyase (HAL, EC 4.3.1.3) [15], PAL, and tyrosine ammonia-lyase
(TAL, EC 4.3.1.24) share the conserved active site motif, Ala-Ser-Gly, which can spon-
taneously merge into a 4-methylidine-imidazol-5-one (MIO) group [16,17]. PAL is one
of the highly post-translational modified enzymes in plant secondary metabolism [18].
The degradation of PAL is mediated by ubiquitin proteasome system [19,20]. PAL is a
phosphoprotein [21–23], and the phosphorylation site identified in French bean is the
Thr-545 residue in a conserved R/K-X-X-S/T motif [24]. PAL proteins generally function
as tetrameric enzymes [25–27].

In dicot plants, PAL exclusively uses L-Phe as substrate [28–30]; however, several
PAL isoforms discovered in monocot plants exhibit dual functions using both L-Phe and
L-tyrosine (L-Tyr) as substrates for the synthesis of trans-cinnamic acid and p-coumaric acid,
respectively (Scheme 1) [27,31,32]. Therefore, the bifunctional PAL is renamed as phenylala-
nine/tyrosine ammonia-lyase (PTAL, EC 4.3.1.25) [32–34]. Unlike PALs, specific tyrosine
ammonia-lyase (TAL, EC 4.3.1.24) solely occurs in some microorganisms [35–39]. Hence,
the detectable TAL activity in monocot plants is contributed by the PTAL bifunctional
enzyme [29,40], accounting for half lignin biosynthesis in grass plants [33,41].

Rhodobacter sphaeroides TAL (RsTAL) enzyme is firstly utilized as a model to investigate
the substrate specificity between L-Phe and L-Tyr; two independent studies reveal that
His-89 of RsTAL is the major substrate specificity switch site [36,42]. Bambusa oldhamii
BoPAL1 is only specific to L-Phe but not to L-Tyr; site-directed mutagenesis studies have
demonstrated that TAL activities are detectable in the BoPAL1-F133H and BoPAL1-V197I
mutants [27,32]. Sorghum bicolor SbPAL1 is also a PTAL enzyme, utilizing L-Phe and L-Tyr
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as substrates (Scheme 1) [34]. In addition, SbPAL1 exhibits L-3,4-dihydroxy phenylalanine
(L-DOPA) ammonia-lyase (DAL) activity to convert L-DOPA to caffeic acid [34]. TAL
activities are completely eliminated in RsTAL-H89F [36] and SbPAL1-H123F mutants [34].
Taken together, Phe or His residue at the substrate specificity switch site is critical for PAL
or TAL activity, respectively.

Bamboo PAL proteins are encoded by a multi-gene family, namely, BoPAL1 [43],
BoPAL2 [26], BoPAL3, and BoPAL4 [27]. The substrate specificity site of BoPAL1, BoPAL2,
or BoPAL3 is a Phe residue, whereas an His residue is present in the BoPAL4 protein
(Figure 1A) [27]. BoPAL4 exhibits both PAL and TAL activities [27], making it a good
candidate for studying substrate specificity. In the present study, a site-directed mu-
tagenesis combined with PAL/TAL/DAL activities analysis toward diverse substrates,
L-Phe/L-Tyr/L-DOPA, was carried out to better understand the catalytic functions in the
BoPAL4. Furthermore, the optimum reaction conditions of BoPAL4 using three substrates
were examined.
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Figure 1. Expression and purification of recombinant BoPAL4 in Escherichia coli. (A) The primary structure of the BoPAL4 is
illustrated. BoPAL4 is a 701-a.a protein with the conserved Ala-Ser-Gly catalytic motif as well as the substrate specificity site
at His-123. (B) Recombinant BoPAL4 protein was purified using Ni-NTA affinity chromatography and separated using 10%
SDS–PAGE and then stained with Coomassie Blue. Mr, molecular weight SDS–PAGE marker; lane 1, crude extract; lane 2,
unbound protein; lane 3, flow-through; lane 4, 125 mM imidazole-buffer-eluted BoPAL4.

2. Results
2.1. Expression and Purification of Recombinant BoPAL4 in Escherichia coli

BoPAL4 contained a 2106 bp open-reading frame (ORF) and encoded a 701- amino acids
polypeptide (Figure 1A). The Ala-Ser-Gly catalytic motifs of BoPAL4 and SbPAL1 [34] are
from 190 to 192 and from 189 to 191, respectively. Coincidentally, the substrate specificity
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switch site of both proteins is located at His-123 (Figure 1A). To better understand the
catalytic function of BoPAL4, the coding region of BoPAL4 was inserted into pTrcHisA
plasmid and expressed heterologously in the E. coli Top10 strain (Table 1). N-terminal
His6-tag was fused to the recombinant BoPAL4 protein for facilitating affinity purification
by the Ni-NTA resin (Figure 1B). The recombinant BoPAL4 protein was highly expressed
and mainly eluted at 125 mM imidazole buffer (Figure 1B, lane 4). On the SDS-gel, a
nearly homogeneous protein band with a molecular mass of 75 kDa corresponded to the
predicted molecular mass of BoPAL4 protein. Thus, E. coli expression system was useful
for producing recombinant BoPAL4 protein.

Table 1. Bacterial strain and plasmids used for recombinant protein expressions.

Strain Relevant Characteristics Source or Ref.

E. coli Top10 F– mcrA ∆(mrr-hsdRMS-mcrBC) ϕ80lacZ∆M15 ∆lacX74 recA1
araD139 ∆(ara-leu)7697 galU galK λ– rpsL(StrR) endA1 nupG Invitrogen

Plasmid Relevant Characteristics Source or Ref.

pTrcHisA E. coli expression vector with N-terminal His6-tag fusion Invitrogen
pTrcHisA-BoPAL4 BoPAL4 coding sequence inserted into pTrcHisA [27]

pTrcHisA-BoPAL4-H123F Point mutation H123F derivative of pTrcHisA-BoPAL4 This study

2.2. Optimum pH and Temperature for PAL, TAL and DAL Activities of BoPAL4

To examine if BoPAL4 can use L-Phe, L-Tyr, and L-DOPA as substrates, PAL, TAL, and
DAL activities were performed with 12.1 mM L-Phe, 1.9 mM L-Tyr, and 10 mM L-DOPA
in a range of temperatures between 25 and 80 ◦C (Figure 2A). The maximum/optimum
PAL, TAL, and DAL activities of BoPAL4 were measured at 50, 60, and 40 ◦C, similar to
the optimum temperatures of BoPAL1 and BoPAL2 (Table 2) [26,43]. Accordingly, PAL,
TAL, and DAL activities were performed with standard assay conditions in a range of pH
between 5 and 11 (Figure 2B). The maximum/optimum PAL, TAL, and DAL activities of
BoPAL4 were measured at pH 9.0, 8.5, and 9.0 ◦C, also similar to the optimum temperatures
of BoPAL1 and BoPAL2 (Table 2) [26,43]. Therefore, L-Phe, L-Tyr, and L-DOPA were bona
fide substrates for BoPAL4 PTAL.

Catalysts 2021, 11, x FOR PEER REVIEW 4 of 11 
 

 

specificity switch site of both proteins is located at His-123 (Figure 1A). To better under-

stand the catalytic function of BoPAL4, the coding region of BoPAL4 was inserted into 

pTrcHisA plasmid and expressed heterologously in the E. coli Top10 strain (Table 1). N-

terminal His6-tag was fused to the recombinant BoPAL4 protein for facilitating affinity 

purification by the Ni-NTA resin (Figure 1B). The recombinant BoPAL4 protein was 

highly expressed and mainly eluted at 125 mM imidazole buffer (Figure 1B, lane 4). On 

the SDS-gel, a nearly homogeneous protein band with a molecular mass of 75 kDa corre-

sponded to the predicted molecular mass of BoPAL4 protein. Thus, E. coli expression sys-

tem was useful for producing recombinant BoPAL4 protein. 

Table 1. Bacterial strain and plasmids used for recombinant protein expressions. 

Strain  Relevant Characteristics Source or Ref. 

E. coli Top10 
F– mcrA Δ(mrr-hsdRMS-mcrBC) φ80lacZΔM15 ΔlacX74 recA1 araD139 Δ(ara-

leu)7697 galU galK λ– rpsL(StrR) endA1 nupG 
Invitrogen 

Plasmid Relevant Characteristics Source or Ref. 

pTrcHisA E. coli expression vector with N-terminal His6-tag fusion Invitrogen 

pTrcHisA-BoPAL4 BoPAL4 coding sequence inserted into pTrcHisA [27] 

pTrcHisA-BoPAL4-H123F Point mutation H123F derivative of pTrcHisA-BoPAL4 This study 

2.2. Optimum pH and Temperature for PAL, TAL and DAL Activities of BoPAL4 

To examine if BoPAL4 can use L-Phe, L-Tyr, and L-DOPA as substrates, PAL, TAL, 

and DAL activities were performed with 12.1 mM L-Phe, 1.9 mM L-Tyr, and 10 mM L-

DOPA in a range of temperatures between 25 and 80 °C (Figure 2A). The maximum/opti-

mum PAL, TAL, and DAL activities of BoPAL4 were measured at 50, 60, and 40 °C, similar 

to the optimum temperatures of BoPAL1 and BoPAL2 (Table 2) [26,43]. Accordingly, PAL, 

TAL, and DAL activities were performed with standard assay conditions in a range of pH 

between 5 and 11 (Figure 2B). The maximum/optimum PAL, TAL, and DAL activities of 

BoPAL4 were measured at pH 9.0, 8.5, and 9.0 °C, also similar to the optimum tempera-

tures of BoPAL1 and BoPAL2 (Table 2) [26,43]. Therefore, L-Phe, L-Tyr, and L-DOPA were 

bona fide substrates for BoPAL4 PTAL. 

 

Figure 2. Optimum pH and temperature of PAL, TAL, and DAL activities for BoPAL4 PTAL. (A) Optimum temperatures 

of BoPAL4 using L-Phe (●), L-Tyr (●), or L-DOPA (▼) as substrate. Activities were measured under standard assay condi-

tions in a range of temperatures from 25 to 80 °C. (B) Optimum pH of BoPAL4 using L-Phe (●), L-Tyr (●), and L-DOPA 

(▼) as substrates. Activities were measured under standard assay conditions in a range of pH from 5 to 11. All experiments 

were performed in triplicate and expressed as average ± standard deviation (S.D., error bars).  

Table 2. Comparison of biochemical properties and kinetic parameters of E. coli expressed BoPAL proteins. 

Figure 2. Optimum pH and temperature of PAL, TAL, and DAL activities for BoPAL4 PTAL. (A) Optimum temperatures of
BoPAL4 using L-Phe (•), L-Tyr (•), or L-DOPA (

Catalysts 2021, 11, x FOR PEER REVIEW 4 of 11 
 

 

specificity switch site of both proteins is located at His-123 (Figure 1A). To better under-

stand the catalytic function of BoPAL4, the coding region of BoPAL4 was inserted into 

pTrcHisA plasmid and expressed heterologously in the E. coli Top10 strain (Table 1). N-

terminal His6-tag was fused to the recombinant BoPAL4 protein for facilitating affinity 

purification by the Ni-NTA resin (Figure 1B). The recombinant BoPAL4 protein was 

highly expressed and mainly eluted at 125 mM imidazole buffer (Figure 1B, lane 4). On 

the SDS-gel, a nearly homogeneous protein band with a molecular mass of 75 kDa corre-

sponded to the predicted molecular mass of BoPAL4 protein. Thus, E. coli expression sys-

tem was useful for producing recombinant BoPAL4 protein. 

Table 1. Bacterial strain and plasmids used for recombinant protein expressions. 

Strain  Relevant Characteristics Source or Ref. 

E. coli Top10 
F– mcrA Δ(mrr-hsdRMS-mcrBC) φ80lacZΔM15 ΔlacX74 recA1 araD139 Δ(ara-

leu)7697 galU galK λ– rpsL(StrR) endA1 nupG 
Invitrogen 

Plasmid Relevant Characteristics Source or Ref. 

pTrcHisA E. coli expression vector with N-terminal His6-tag fusion Invitrogen 

pTrcHisA-BoPAL4 BoPAL4 coding sequence inserted into pTrcHisA [27] 

pTrcHisA-BoPAL4-H123F Point mutation H123F derivative of pTrcHisA-BoPAL4 This study 

2.2. Optimum pH and Temperature for PAL, TAL and DAL Activities of BoPAL4 

To examine if BoPAL4 can use L-Phe, L-Tyr, and L-DOPA as substrates, PAL, TAL, 

and DAL activities were performed with 12.1 mM L-Phe, 1.9 mM L-Tyr, and 10 mM L-

DOPA in a range of temperatures between 25 and 80 °C (Figure 2A). The maximum/opti-

mum PAL, TAL, and DAL activities of BoPAL4 were measured at 50, 60, and 40 °C, similar 

to the optimum temperatures of BoPAL1 and BoPAL2 (Table 2) [26,43]. Accordingly, PAL, 

TAL, and DAL activities were performed with standard assay conditions in a range of pH 

between 5 and 11 (Figure 2B). The maximum/optimum PAL, TAL, and DAL activities of 

BoPAL4 were measured at pH 9.0, 8.5, and 9.0 °C, also similar to the optimum tempera-

tures of BoPAL1 and BoPAL2 (Table 2) [26,43]. Therefore, L-Phe, L-Tyr, and L-DOPA were 

bona fide substrates for BoPAL4 PTAL. 

 

Figure 2. Optimum pH and temperature of PAL, TAL, and DAL activities for BoPAL4 PTAL. (A) Optimum temperatures 

of BoPAL4 using L-Phe (●), L-Tyr (●), or L-DOPA (▼) as substrate. Activities were measured under standard assay condi-

tions in a range of temperatures from 25 to 80 °C. (B) Optimum pH of BoPAL4 using L-Phe (●), L-Tyr (●), and L-DOPA 

(▼) as substrates. Activities were measured under standard assay conditions in a range of pH from 5 to 11. All experiments 

were performed in triplicate and expressed as average ± standard deviation (S.D., error bars).  

Table 2. Comparison of biochemical properties and kinetic parameters of E. coli expressed BoPAL proteins. 

) as substrate. Activities were measured under standard assay conditions
in a range of temperatures from 25 to 80 ◦C. (B) Optimum pH of BoPAL4 using L-Phe (•), L-Tyr (•), and L-DOPA (

Catalysts 2021, 11, x FOR PEER REVIEW 4 of 11 
 

 

specificity switch site of both proteins is located at His-123 (Figure 1A). To better under-

stand the catalytic function of BoPAL4, the coding region of BoPAL4 was inserted into 

pTrcHisA plasmid and expressed heterologously in the E. coli Top10 strain (Table 1). N-

terminal His6-tag was fused to the recombinant BoPAL4 protein for facilitating affinity 

purification by the Ni-NTA resin (Figure 1B). The recombinant BoPAL4 protein was 

highly expressed and mainly eluted at 125 mM imidazole buffer (Figure 1B, lane 4). On 

the SDS-gel, a nearly homogeneous protein band with a molecular mass of 75 kDa corre-

sponded to the predicted molecular mass of BoPAL4 protein. Thus, E. coli expression sys-

tem was useful for producing recombinant BoPAL4 protein. 

Table 1. Bacterial strain and plasmids used for recombinant protein expressions. 

Strain  Relevant Characteristics Source or Ref. 

E. coli Top10 
F– mcrA Δ(mrr-hsdRMS-mcrBC) φ80lacZΔM15 ΔlacX74 recA1 araD139 Δ(ara-

leu)7697 galU galK λ– rpsL(StrR) endA1 nupG 
Invitrogen 

Plasmid Relevant Characteristics Source or Ref. 

pTrcHisA E. coli expression vector with N-terminal His6-tag fusion Invitrogen 

pTrcHisA-BoPAL4 BoPAL4 coding sequence inserted into pTrcHisA [27] 

pTrcHisA-BoPAL4-H123F Point mutation H123F derivative of pTrcHisA-BoPAL4 This study 

2.2. Optimum pH and Temperature for PAL, TAL and DAL Activities of BoPAL4 

To examine if BoPAL4 can use L-Phe, L-Tyr, and L-DOPA as substrates, PAL, TAL, 

and DAL activities were performed with 12.1 mM L-Phe, 1.9 mM L-Tyr, and 10 mM L-

DOPA in a range of temperatures between 25 and 80 °C (Figure 2A). The maximum/opti-

mum PAL, TAL, and DAL activities of BoPAL4 were measured at 50, 60, and 40 °C, similar 

to the optimum temperatures of BoPAL1 and BoPAL2 (Table 2) [26,43]. Accordingly, PAL, 

TAL, and DAL activities were performed with standard assay conditions in a range of pH 

between 5 and 11 (Figure 2B). The maximum/optimum PAL, TAL, and DAL activities of 

BoPAL4 were measured at pH 9.0, 8.5, and 9.0 °C, also similar to the optimum tempera-

tures of BoPAL1 and BoPAL2 (Table 2) [26,43]. Therefore, L-Phe, L-Tyr, and L-DOPA were 

bona fide substrates for BoPAL4 PTAL. 

 

Figure 2. Optimum pH and temperature of PAL, TAL, and DAL activities for BoPAL4 PTAL. (A) Optimum temperatures 

of BoPAL4 using L-Phe (●), L-Tyr (●), or L-DOPA (▼) as substrate. Activities were measured under standard assay condi-

tions in a range of temperatures from 25 to 80 °C. (B) Optimum pH of BoPAL4 using L-Phe (●), L-Tyr (●), and L-DOPA 

(▼) as substrates. Activities were measured under standard assay conditions in a range of pH from 5 to 11. All experiments 

were performed in triplicate and expressed as average ± standard deviation (S.D., error bars).  

Table 2. Comparison of biochemical properties and kinetic parameters of E. coli expressed BoPAL proteins. 

) as
substrates. Activities were measured under standard assay conditions in a range of pH from 5 to 11. All experiments were
performed in triplicate and expressed as average ± standard deviation (S.D., error bars).

86



Catalysts 2021, 11, 1263

Table 2. Comparison of biochemical properties and kinetic parameters of E. coli expressed BoPAL proteins.

Protein Substrate 1 Optimum pH Optimum
Temp (◦C) kcat (s−1) Km (µM) kcat/Km (s−1 µM−1)

BoPAL4
L-Phe 9.0 50 1.44 2084 6.9 × 10−4

L-Tyr 8.5 60 0.18 98 18.4 × 10−4

L-DOPA 9.0 40 0.06 956 0.6 × 10−4

BoPAL4-H123F L-Phe 9.0 50 1.87 640 29.2 × 10−4

1 L-Phe, phenylalanine; L-Tyr, tyrosine; and L-DOPA, 3,4-dihydroxy-phenylalanine.

2.3. Kinetic Parameters for PAL, TAL, and DAL Activities of BoPAL4

The kinetic parameters of BoPAL4 using L-Phe as substrate were measured with
its PAL activity. Hyperbolic saturation curve (Figure 3A) and double reciprocal plot
(Figure 3B) were obtained to calculate the kinetic parameters. The Km value of BoPAL4 for
L-Phe was estimated as 2084 µM, higher than the values of BoPAL1 (230 µM) [43], BoPAL2
(333 µM) [27], and SbPAL1 (340 µM) [34]. The kinetic parameters of BoPAL4 using L-Tyr as
substrate were measured with its TAL activity. Hyperbolic saturation curve (Figure 3C) and
double reciprocal plot (Figure 3D) were obtained to calculate the kinetic parameters. The
Km and kcat values of BoPAL4 for L-Tyr were estimated as 98 µM and 0.18 s−1, respectively.
The kinetic parameters of BoPAL4 using L-DOPA as substrate were measured with its DAL
activity. Hyperbolic saturation curve (Figure 3E) and double reciprocal plot (Figure 3F)
were obtained to calculate the kinetic parameters. The Km value of BoPAL4 for L-DOPA
was estimated as 956 µM, which was 2.4-fold higher than SbPAL1 (0.40 mM) [34]. Taken
together, BoPAL proteins were highly active at about 50 ◦C in alkaline reaction conditions.

Figure 3. Kinetic parameters of BoPAL4 PTAL. To determine kinetic parameters using L-Phe as
substrate, substrate saturation curve (A) and Lineweaver–Burk double reciprocal plot (B) of the
initial rate result of BoPAL4 were used. To determine kinetic parameters using L-Tyr as substrate,
substrate saturation curve (C) and Lineweaver–Burk double reciprocal plot (D) of the initial rate
result of BoPAL4 were used. To determine kinetic parameters using L-DOPA as substrate, substrate
saturation curve (E) and Lineweaver–Burk double reciprocal plot (F) of the initial rate result of
BoPAL4 were used. All experiments were performed in triplicate and expressed as average ±
standard deviation (S.D., error bars).
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2.4. Kinetic Parameters for PAL Activity of BoPAL4-H123F

His-123 is the predicted substrate specificity switch site in the BoPAL4 (Figure 1A).
Accordingly, site-directed mutant protein BoPAL4-H123F (Table 1) was also expressed and
purified in the E. coli Top10 strain under the same procedure of BoPAL4 expression. After
affinity purification, the purities of the 125 mM imidazole-buffer-eluted wild-type (WT)
BoPAL4 and BoPAL4-H123F proteins were migrated at the same position on the SDS-gel
(Figure 4A). The expression level of BoPAL4-H123F was comparable to that of BoPAL4,
indicating that E. coli expression system is also useful for producing BoPAL4-H123F protein.

Figure 4. Kinetic parameters of BoPAL4-H123F. (A) BoPAL4-WT and BoPAL4-H123F were expressed and purified in E. coli.
The 125 mM imidazole eluted fractions were separated using 10% SDS–PAGE and then stained with Coomassie Blue. Mr,
molecular weight SDS–PAGE marker. To determine kinetic parameters using L-Phe as substrate, substrate saturation curve
(B) and Lineweaver–Burk double reciprocal plot (C) of the initial rate result of BoPAL4-H123F were used. All experiments
were performed in triplicate and expressed as average ± standard deviation (S.D., error bars).

The kinetic parameters of BoPAL4-H123F using L-Phe as substrate were measured its
PAL activity. Hyperbolic saturation curve (Figure 4B) and double reciprocal plot (Figure 4C)
were obtained to calculate the kinetic parameters. The Km and kcat values of BoPAL4-H123F
for L-Phe were estimated as 640 µM and 1.87 s−1, respectively (Table 2). The overall catalytic
properties (kcat/Km value) of BoPAL4-H123F using L-Phe as substrate were 4.2-fold higher
than that of wild-type BoPAL4.

TAL and DAL activities were significantly decreased in the BoPAL4-H123F. By using
L-Tyr and L-DOPA as substrates, kinetic parameters of BoPAL4-H123F are not readily
obtained, presumably due to their miniature TAL and DAL activities. Therefore, PAL-,
TAL-, and DAL-specific activities were compared instead between WT and mutant proteins.

2.5. Comparison of Specific Activities in Wild-Type BoPAL4 and BoPAL4-H123F Mutants

The Km value of BoPAL4-H123F using L-Phe (640 µM) was lower than that of BoPAL4
(2084 µM), indicating that BoPAL4-H123F mutant protein increases the binding affinity
toward its substrate L-Phe. Likewise, the specific PAL activity of BoPAL4-H123F was
slightly higher (1.3-fold) than that of BoPAL4 (Figure 5A). Unlike this, the specific TAL and
DAL activities only retained 7.5% (Figure 5B) and 17.8% (Figure 5C) in comparison with
wild-type BoPAL4. Taken together, His-123 of BoPAL4 is the major specificity switch site
for using L-Tyr and L-DOPA as substrates.
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3. Discussion

Green bamboo BoPAL4 is a multifunctional enzyme, catalyzing the nonoxidative
deamination of L-Phe, L-Tyr, and L-DOPA to yield trans-cinnamic acid, p-coumaric acid,
and caffeic acid, respectively. The Km value of L-Phe in the BoPAL4-H123F significantly
decreases, indicating that His-123 is the major substrate specificity switch site. Phe-123 to
His mutation of BoPAL4 exhibits higher L-Phe binding affinity than wild-type BoPAL4
as well as an elevated kcat value of 1.87 s−1. On the contrary, the TAL and DAL activities
are significantly reduced in BoPAL4-H123F, which further confirms that the His-123 of
BoPAL4 is essential for utilizing L-Tyr and L-DOPA as substrates. Two studies have shown
that TAL activities are completely abolished in both RsTAL-H89F and SbPAL1-H123F
mutants [34,36]. To our knowledge, L-DOPA utilization has never been studied in those
mutants. Our results show that BoPAL4-H123F still can monitor TAL and DAL activities to
some degree. Site-directed mutagenesis study can be performed in the BoPAL4-H123F to
further identify more substrate specificity site (s).

Trans-cinnamic acid derivatives are shown to have useful effects in human health,
such as anti-obesity and anti-microbial activities [9,10]. Recently, several studies have
successfully immobilized PAL proteins on different carriers [44–47]. Electrospun nanofibers
combined with dextran polyaldehyde crosslinker are suitable for BoPAL1 and BoPAL2
immobilization [47]. In this study, we showed that BoPAL4 had broad substrate specificities
for synthesizing at least three products. In the meantime, other putative aromatic substrates
are being tested to see if they can be utilized by the BoPAL4 enzyme. Furthermore,
immobilization of BoPAL4 on electrospun nanofibers has great potential for the synthesis
of aromatic compounds.

4. Materials and Methods
4.1. Reagents

Bio-Rad protein assay dye reagent concentrate [48], NuviaTM IMAC resin, and general
chemicals for protein electrophoresis were purchased from Bio-Rad, Hercules, CA, USA.
Restriction endonuclease enzymes, DNA proofreading polymerase, PrimeStar, and T4
DNA ligase for molecular biology manipulations were obtained from Takara, Kusatsu,
Shiga, Japan. Plasmid mini-preparation kit and gel extraction/PCR cleanup kit were
from Geneaid Biotech, New Taipei City, Taiwan. Oligonucleotide synthesis and DNA
sequencing were serviced by Tri-I Biotech, New Taipei City, Taiwan. L-phenylalanine,
L-tyrosine, L-DOPA, trans-cinnamic acid, p-coumaric acid, and caffeic acid were purchased
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from MilliporeSigma, Burlington, MA, USA. All other chemicals and reagents were ACS
grade or higher.

4.2. Bacterial Strains, Plasmids Construction, Site-Directed Mutagenesis, and Bacterial
Growth Conditions

E. coli strain and plasmids used in this study are listed in Table 1. Top10 strain was
utilized for propagation of plasmids and for the induction of recombinant proteins. Plasmid
pTrcHisA-BoPAL4 and pTrcHisA-BoPAL4-H123F directed the expression of N-terminal
His6-tagged wild-type BoPAL4 [27] and BoPAL4-H123F mutant protein, respectively. The
pTrcHisA-BoPAL4-H123F plasmid containing an His to Phe point mutation was generated
by QuikChange® site-directed mutagenesis (Strategene, Agilent, Santa Clara, CA, USA)
as described by Hsieh et al. 2020 [32]. PCR product was obtained by PrimeStar DNA
polymerase, and mixture was digested by Dpn I restriction endonuclease overnight and
transformed chemically into Top10 component cells followed by DNA sequencing.

E. coli Top10 cells carrying BoPAL4 wild-type and mutant plasmids were grown
at 37 ◦C in Luria-Bertani medium (1% tryptone, 0.5% yeast extract, 1% NaCl, and pH
7.0) supplemented with 100 mg/mL ampicillin. The expression of BoPAL4 proteins was
induced at 30 ◦C with 1 mM isopropyl-β-D-thiogalactoside (IPTG) for 6–8 h [27]. Cells were
centrifuged at 6000× g for 10 min, and pellets were stored at −20 ◦C freezer before use.

4.3. Preparations of BoPAL4 Enzymes

E. coli cells that expressed His6-tagged BoPAL proteins were freshly collected or
resuspended from −20 ◦C freezer, disrupting by sonication using a Branson cell disrup-
tor [32,49,50]. Proteins were purified from cell lysates by affinity chromatography with
NuviaTM Ni-NTA resin. Samples were fractioned and eluted by varied concentrations of
imidazole. Protein content of each step of the preparation was measured at A595 nm using a
microplate reader (BioTek 800TS, Winooski, VT, USA), and bovine serum albumin (BSA)
was served as reference. All purification procedures were conducted at 4 ◦C cold room.

4.4. Sodium Dodecyl Sulfate-Polyacrylamide Gel Electrophoresis

Purified BoPAL4 proteins were analyzed by polyacrylamide gel electrophoresis (PAGE)
using a Mini-PROTEAN Tetra Cell system (Bio-Rad, Hercules, CA, USA). Proteins were
stained by Coomassie Brilliant Blue R-250 and destained by 20% methanol solution. Gel
image was obtained by a Gel Doc XR+ Imaging System (Bio-Rad, Hercules, CA, USA)

4.5. PAL Activity Assay

Phenylalanine ammonia-lyase activity was measured by following the formation of
trans-cinnamic acid as the absorbance varied at 290 nm [32] using trans-cinnamic acid as
standard. The reaction mixture for PAL contained 50 mM Tris-HCl (pH 8.5), 12.1 mM
L-Phe, and an aliquot amount of BoPAL4 enzyme in a total volume of 1.0 mL. The reaction
was incubated at 37 ◦C for 30 min and ceased by adding 100 µL 6N HCl. PAL activity was
defined as nkat (nanomole of trans-cinnamic acid formed per second).

4.6. TAL Activity Assay

Tyrosine ammonia-lyase activity was measured by following the formation of p-
coumaric acid as the absorbance varied at 310 nm [32] using p-coumaric acid as standard.
The reaction mixture for TAL contained 50 mM Tris-HCl (pH 8.5), 1.9 mM L-Tyr, and an
aliquot amount of BoPAL enzyme in a total volume of 1.0 mL. The reaction was incubated
at 37 ◦C for 30 min and ceased when 100 µL 6N HCl was added. TAL activity was defined
as nkat (nanomole of p-coumaric acid formed per second).

4.7. DAL Activity Assay

DOPA ammonia-lyase activity was measured by following the formation of caffeic
acid as the absorbance varied at 350 nm [34] using caffeic acid as standard. The reaction
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mixture for DAL contained 50 mM Tris-HCl (pH 8.5), 10 mM L-DOPA, and an aliquot
amount of BoPAL enzyme in a total volume of 1.0 mL. The reaction was incubated at 37 ◦C
for 30 min and ceased when 100 µL 6N HCl was added. DAL activity was defined as nkat
(nanomole of caffeic acid formed per second).

4.8. Biochemical Properties and Enzyme Kinetic

To determine the optimum reaction pH, activity assays were performed at standard
reaction mixture using various pH universal buffers. To obtain the optimum reaction
temperature, activity assays were carried out at standard reaction mixture using in vari-
ous temperatures.

To determine the kinetic parameter for PAL, TAL, and DAL, a range of concentration
of L-Phe, L-Tyr, and L-DOPA was varied from 0 to 12.1 mM, from 0 to 1.28 mM, and
from 0 to 10 mM, respectively. Substrate saturation curves were carried out after 10 min
incubation [32,51] based on Michaelis–Menten equation [52], adapting to double reciprocal
plot [53] for the calculation of the Km and kcat values.
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Abstract: The active pharmaceutical ingredient levetiracetam has anticonvulsant properties and is
used to treat epilepsies. Herein, we describe the enantioselective preparation of the levetiracetam
precursor 2-(pyrrolidine-1-yl)butanamide by enzymatic dynamic kinetic resolution with a nitrile
hydratase enzyme. A rare representative of the family of iron-dependent nitrile hydratases from Gor-
donia hydrophobica (GhNHase) was evaluated for its potential to form 2-(pyrrolidine-1-yl)butanamide
in enantioenriched form from the three small, simple molecules, namely, propanal, pyrrolidine and
cyanide. The yield and the enantiomeric excess (ee) of the product are determined most significantly
by the substrate concentrations, the reaction pH and the biocatalyst amount. GhNHase is also active
for the hydration of other nitriles, in particular for the formation of N-heterocyclic amides such as
nicotinamide, and may therefore be a tool for the preparation of various APIs.

Keywords: small molecule; dynamic kinetic resolution; levetiracetam; nitrile hydratase; amino
amide; amino nitrile

1. Introduction

Nitrile hydratases (NHase; EC 4.2.1.84) catalyze the hydration of nitriles to the corre-
sponding amides (Scheme 1A). Two types of NHases can be distinguished, the non-corrin
cobalt-containing and non-heme iron-containing NHases. Both types are composed of an
α- and a β-subunit, and the functional heterologous expression depends on the action of
an accessory protein [1]. NHases are valuable biocatalysts for atom-economic amide syn-
thesis [2,3]. Few examples of NHases with excellent enantioselectivity have been reported;
instead, there are many examples of NHases with a poor to moderate ability to distinguish
between enantiomers [4,5].

Levetiracetam is an active pharmaceutical ingredient used for the treatment and
prevention of hypoxic- and ischemic-type aggressions of the central nervous system. This
compound, also known as Keppra, is used as medication for epilepsy [6]. Levetiracetam
is somewhat different from other antiepileptic drugs. It has, for example, a distinctive
pharmacological profile in animal models of seizures and epilepsy, and it can inhibit
neuronal hypersynchronization when epileptiform activity is evoked in rat hippocampal
slices [7]. Its exact mechanism of action remains elusive, even after many years of clinical
application and related research [8]. One observation indicates the partial blockade of
N-type calcium currents [9], another the inhibition of AMPA-mediated currents in cortical
neurons [10]. Levetiracetam was shown to bind to the synaptic vesicle protein SV2A in
brain membranes [7], but the precise physiological role of SV2A and how levetiracetam
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binding influences SV2A are not yet fully understood yet [8]. Since the release of both
glutamate and GABA is reduced upon levetiracetam binding, the mechanism of action is
perhaps best described as a modulation of neurotransmitter release [11].
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The chemical structure of levetiracetam is characterized by a heterocyclic pyrrolidi-
none in which the ring nitrogen resembles the amine of the (S)-enantiomer of 2-amino-
butanoic acid amide. The respective (R) enantiomer lacks the above described biological
activity [12]. Various routes to this molecule have been proposed in the literature. They
typically involve multi-step reactions with either chiral auxiliaries or the final resolution of
the desired enantiomer from the racemic mixture [13,14]. Analyzing levetiracetam from
the retrosynthetic viewpoint, the non-oxidized precursor molecule (S)-2-(pyrrolidine-1-
yl)butanamide [(S)-1b] would be accessible by stereoselective hydration of the respec-
tive amino nitrile 2-(pyrrolidine-1-yl)butanenitrile (1a), which can readily be synthesized
from the three simple precursors pyrrolidine, propanal and hydrocyanic acid in a non-
stereoselective Strecker-type reaction (Scheme 1B). The reversibility of this step enables the
set-up of a dynamic kinetic resolution (DKR). The stereoselective conversion of the racemic
aminonitrile to the aminoamide can be accomplished biocatalytically using an (S)-selective
nitrile hydratase [15].

Nitrile hydratases are metalloproteins that activate a nitrile via a non-corrin cobalt
or a non-heme iron-catalytic center in their active sites and incorporate a water molecule
in a perfectly atom-economic step [16]. We recently investigated the synthetic sequence
from racemic 1a to levetiracetam via enantioenriched amide 1b by combining enzymatic
kinetic resolution with ex-cell electrochemical oxidation and investigated a non-corrin
cobalt-type nitrile hydratase from Comamonas testosteroni in this context [14,17]. Cobalt-
dependent NHases are abundant in contrast to the few iron-dependent NHases that have
been discovered and investigated. Strikingly, however, iron-type NHases appear to be
particularly capable of producing (S)-1b: in a preliminary screening, all four tested iron
type NHases catalyzed the desired reaction, whereas only 3 of 15 cobalt-type NHases
accepted racemic 1a as a substrate [14,18]. A novel NHase originating from Gordonia
hydrophobica showed the most promising combination of high (S)-selectivity and activity.
The aim of this study was to investigate the substrate scope and biophysical characteristics
of this iron-dependent NHase (GhNHase).

2. Results and Discussion

In an aqueous solution, aminonitrile 1a is present in equilibrium with propanal,
pyrrolidine and cyanide. A highly (S)-selective NHase can convert (S)-1a to (S)-1b, leaving
the undesired (R)-enantiomer to disintegration and reassembly to (R,S)-1a, which enables
a dynamic kinetic resolution to theoretically yield 100% of (S)-1b. The operational window
of this reaction is determined by several factors. To name a few, the chemical equilibrium
is dependent on pH, temperature and concentration of the single components, and so is
the performance of the biocatalyst. Therefore, a thorough understanding of the system by
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systematic characterization of the reaction conditions was required to assess the scope and
limitations of this key step in levetiracetam synthesis.

2.1. Influence of Reaction Temperature, Substrate Load and Catalyst Amount on Amide Production
and Enantiomeric Excess (ee)

Gordonia hydrophobica nitrile hydratase (GhNHase) was produced in Escherichia coli
and applied as a cell free extract (CFE). In a first round of exploration of reaction conditions,
reactions for the formation of aminoamide (S)-1b were performed at different temperatures.
At a substrate concentration of 10 mM, the reactions were incubated for 16 h. The reactions
were analyzed by reversed-phase chiral chromatography, using chemically-synthesized
(R,S)-1b to generate a calibration curve. By linear interpolation, both the amount of the
product and its enantiomeric excess (ee) were determined in a single chromatography run
per reaction. There was 14% (ee 78%) of amide (S)-1b detected at 25 ◦C, 13% (ee 78%)
at 37 ◦C and 16% (ee 77%) at 50 ◦C (Table 1, Entry 1–3, respectively). A comparison of
reaction progress at 5 ◦C and 25 ◦C, also gives highly similar product amounts and ee at
modified reaction conditions (Figure S1). Under various sets of conditions, little effect by
the reaction temperature on product formation and enantioselectivity was observed. The
enantioselectivity of wild-type GhNHase is in the typical range of other NHases [4,19–21].
In iterative rounds of reactions, several reaction parameters were varied to determine
combinations that would lead to both high product titers and ee. For example, increasing
substrate concentration from 10 to 100 mM increased product titers (Table 1, Entry 1, 4–6),
but not in a linear fashion. An increase beyond 100 mM 1a impeded product formation
when 1a was added as a single portion at the start of the reaction (Figure S2). Doubling
the amount of biocatalyst led to a three-fold higher product concentration (Table 1, entry 5
versus entry 7); however, it also led to a slight decrease in the enantiomeric excess of
(S)-1b. Neither the product titer nor the ee increased by applying only 5 ◦C as the reaction
temperature (Table 1, entry 7 versus entry 8). On the contrary, the ee decreased slightly. This
result indicates that the chemical racemization might be impaired at very low temperatures.

Table 1. Effects of reaction temperature, amount of racemic substrate (R,S)-1a and amount of GhNHase on product titer and
enantiomeric excess. Data selected from iterative reaction engineering study.

Entry GhNHase 1 [mg/mL] T [◦C] (R,S)-1a [mM] (S)-1b [mM] ee (S)-1b [%]

1 0.34 25 10 1.4 78
2 0.54 37 10 1.3 78
3 0.54 50 10 1.6 77
4 0.34 25 20 4.2 79
5 0.34 25 50 5.0 78
6 0.34 25 100 6.1 77
7 0.69 25 50 13.5 65
8 0.69 5 50 11.8 61

1 Applied as cell free extract in 50/40 mM Tris-butyrate buffer, pH 7.2.

As indicated in Table 1, entry 7, elevated biocatalyst amounts significantly increased
the formation of the desired amide. Figure 1 shows the dependence of the reaction on
various biocatalyst amounts. The highest enantioselectivity was observed between 300 and
600 µg/mL of GhNHase and is associated with 85–90% of the analytical yield at 50 mM
of the substrate load. A further increase in the catalyst amount resulted in a decrease
in the product ee. At the same time, the total amount of product could not be increased
further. The result was remarkably different at the 200 mM substrate load. Small amounts
of catalysts could not cope with the high substrate load and produced much less amide
with moderate ee. By increasing the biocatalyst load, both the product amount and its ee
approached high levels. We assume that this phenomenon is due to the inhibiting effects
of cyanide. During the course of the racemization of (R)-1a, the reaction solution contains
propanal and cyanide. At a neutral pH, the formation of a racemic cyanohydrin occurs.
Since cyanohydrins have been reported to be substrates of nitrile hydratases [22], the
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formation of a hydroxyamide is a possible side reaction, which would pull two essential
reaction components from the system in an irreversible manner. This side reaction was
elucidated in the case of the cobalt-dependent CtNHase by HPLC/MS and explained why
(S)-1b titers remained well below the theoretical 100% [14]. We therefore hypothesized
that the remaining 10–15% required for full conversion by GhNHase was also associated
with the formation of 2-hydroxybutane amide. Increasing the substrate load to 200 mM
indicates inhibition by substrate or one of the emerging components during DKR, because
less product is formed in the same timeframe as compared to the 50 mM reactions. These
results emphasize the importance of balancing the velocity of the GhNHase-mediated
hydration of the desired enantiomer with the reassembly velocity of racemic 1a.
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2.2. Enzyme Activity in the Presence of Additives

Iron-dependent NHases are characterized by a low-spin FeIII ion in the active site [16].
The inhibition caused by cyanide as well as product inhibition have been reported [23].
Metal ions can form cyanide complexes. A strategy to alleviate cyanide inhibition might
be the addition of extra metal ions to dynamic kinetic resolution reactions. We therefore
tested the effect of metal ion addition. For this purpose, the hydration of methacrylonitrile
(MAN) was monitored in a plate reader [24]. Notably, the activity of GhNHase for MAN
hydration was an order of magnitude lower than that of other NHases [18]. Externally
added FeIII, FeII and MnII decreased the activity of GhNHase in the photometric assay, with
the exception of 1 mM FeIII (Figure S3).

2.3. Effect of Reaction pH

The pH value is a critical factor in biocatalytic amide synthesis in general, and particu-
larly in (S)-1b synthesis. The substrate is a labile α-aminonitrile. It is in equilibrium with
its three building blocks pyrrolidine, propanal and cyanide [14]. When 1a is incubated at
different pH values, the formation of hydrocyanic acid can be detected in the headspace
of the reactions [25]. At pH 10, 1a disintegrates slowly, whereas low pH (pH 5.0) favors
substrate dissociation within seconds (Figure S4). Nitrile hydratases show the highest
activity from pH 7 to 8 [18], and the activity may also depend on the nature and strength
of buffer components [26,27]. Taken together, these interdependent parameters require
experimental exploitation, and we observed the same trend in two buffers as depicted in
Figure 2: The lower the pH, the more product formed. Confirming the observations made
in Figure 1, the analytical yield and the ee followed a reciprocal dependency. A similar
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trend can be observed when GhNHase is applied as a whole-cell biocatalyst (Table S1). The
most promising combination of the product titer and ee was obtained in Tris-HCl at pH 7.5.
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2.4. Synthesis Reaction from Single Components

The experiments up to this point have been performed via the addition of synthesized
and purified racemic 1a. Ultimately, the isolation of (R,S)-1a should be obsolete, since
compound (R,S)-1a forms spontaneously under the applied conditions. To demonstrate
the proof of concept, KCN was solubilized in a buffer and mixed with pyrrolidine and
propanal prior to the addition of the biocatalyst (344 µg/mL GhNHase added as CFE in
finally 10% of the reaction volume). It needs to be noted that the strong basic character of
KCN and pyrrolidine required a high buffer capacity and posed limitations with respect to
substrate concentrations on this analytical level. Hence, the theoretical maximal yield was
27 mM of (S)-1b. KCN was chosen as a limiting component and propanal was applied in
excess on the basis of experience with CtNHase [14]. The CtNHase wildtype was tested
under identical conditions for comparison. The excess of propanal had a pronounced
effect on product formation (Table 2, entry 1 versus 3). In the direct comparison, GhNHase
delivered significantly more of the desired amide (S)-1b as compared to the Co-dependent
wild-type CtNHase, albeit in lower enantiomeric purity. Product yields could be improved
even further by carrying out the reaction in reactors that control pH and substrate feed.
Protein engineering is a promising means of improving the enantioselectivity of GhNHase
and suppressing by-product formation as shown in the example of CtNHase [14,28]. The
enantioselectivity of the low molecular weight NHase from Rhodococcus rhodochrous J1, for
example, was improved by using steered molecular dynamics simulations to identify key
residues, followed by site saturation mutagenesis [29].

Table 2. One-pot enzymatic dynamic kinetic resolution by Strecker reaction from three precursors. Conditions: pH 7.3,
25 ◦C, 344 µg/mL of GhNHase, 30 min reaction time.

Entry NHase KCN [mM] Pyrrolidine [mM] Propanal [mM] (S)-1b [mM] ee (S)-1b [%]

1 GhHNase 26.9 29.4 approx. 30 1 2.3 ± 0.0 75.9 ± 0.2
2 CtNHase 26.9 29.4 approx. 30 1 0.1 ± 0.0 n.d. 2

3 GhHNase 26.9 29.4 approx. 90 1 8.4 ± 0.4 73.9 ± 0.1
4 CtNHase 26.9 29.4 approx. 90 1 4.9 ± 0.1 82.1 ± 0.1

1 Propanal volatility impairs correct pipetting of small volumes. 2 Peak area of (R)-1b below detection limit.

2.5. Exploration of Substrate Scope

GhNHase proved to be a promising enzyme for levetiracetam synthesis. Many other
APIs that harbor amide groups and nitriles are frequently chosen as the precursor group to
introduce the amide moiety [30]. In general, enzymes are frequently incorporated in API
synthesis due to their unique selectiveness [31–33]. In this light, the ability of GhNHase
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to produce a variety of structurally diverse compounds was studied (Figure 3). Benzoni-
trile (2a) was chosen as a model substrate for aromatic amide precursors. Cinnamonitrile
(3a), [34] mandelonitrile (4a) [20] and 3-amino-3-tolyl-propanenitrile (8a) [35] are represen-
tatives of aryl-aliphatic nitriles. Methacrylonitrile (5a) is a small, aliphatic nitrile that is
often used as a test substrate for NHase activity [18]. The nitrogen-containing aromatic
heterocyclic compound 3-cyanopyridine (6a) is the precursor of nicotinamide (6b) [36].
Pyrazine-2-carbonitrile (7a), a heteroaromatic compound with two nitrogen atoms, gives
pyrazine-2-carboxamide upon hydration, which is known to be an antitubercular agent [37].
The levetiracetam precursor 1a represents a non-aromatic heterocyclic compound. Consis-
tent with our results in the photometric assay that was used to study inhibition phenomena
(data not shown), 5a was a poor substrate of GhNHase [18], and so was 4a. About 50% of
8a was converted to the respective amide under the tested conditions, indicating enantiose-
lectivity for one of the enantiomers. GhNHase showed full conversion of the nitriles 2a, 6a
and 7a, indicating a preference for substrates with the cyano group directly attached on an
aromatic system. Under modified conditions, the nicotinamide precursor 6a appears to be
the preferred substrate of GhNHase among the three substrates with full conversion: 2a,
6a, and 7a (Figure S5).
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Figure 3. Substrate scope of GhNHase. Top: chemical structures of investigated substrates. Bottom:
nitriles a (50 mM) were converted by GhNHase CFE (344 µg/mL NHase) at 25 ◦C and 500 rpm for
30 min. Each reaction was carried out in triplicate.

3. Materials and Methods
3.1. General

Tris was purchased from Carl Roth, Karlsruhe; IPTG from Serva Electrophoresis, Hei-
delberg; MAN from Fluka, Buchs; and FeSO4*7H2O from Merck, Darmstadt. 2-(Pyrrolidine-
1-yl)butanenitrile was prepared according to the procedure of Orejarena Pacheco et al. [38].
Pyrrolidine, propanal, KCN and all other chemicals were obtained from Sigma–Aldrich,
St. Louis, MO, USA, and used without further purification. GhNHase (accession numbers
WP_066163464.1, WP_066163466.1 and NZ_BCWU01000002.1, for the α-subunit, β-subunit
and accessory protein, respectively) was previously prepared in Escherichia coli [18]. A
Series 1100 HPLC system equipped with a diode array detector (DAD) was used for chiral
analyses (Hewlett Packard, Palo Alto, CA, USA).
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3.2. Biocatalyst Preparation

E. coli BL21 Gold (DE3) cells expressing NHases were grown at 37 ◦C in 400 mL of LB-
ampicillin (100 µg/mL) media up to an OD600 of 0.8–1.0. Protein expression was induced
with 0.1 mM IPTG and 1 mM or 2.5 mM FeSO4*7H2O, 0.1 mM or 1 mM CoCl2 at 20 ◦C for
24 h. Cells were pelleted by centrifugation at 5000× g and 4 ◦C for 15 min. An amount of
25 mL of 50/40 mM Tris-butyrate buffer, pH 7.2, was used for resuspension of the cell pellet
(1.2–3.0 g cell wet weight) and disrupted on ice by sonication for 6 min at 70–80% duty
cycle and 7–8 output control with a Sonifier 250 (Branson, Danbury). After centrifugation
for 1 h at 4 ◦C and 48,250× g, cell-free extracts were filtered using 0.45 µm syringe filters
before being applied as biocatalyst. The PierceTM BCA Protein Assay Kit (ThermoFisher
Scientific, Waltham, MA, USA) was used for determining protein concentrations.

3.3. Conversions of (R,S)-1a to (S)-1b

Cell-free extract containing GhNHase (162 µg/mL–1.08 mg/mL) was mixed with sub-
strate solution (R,S)-1a in buffer, (40 Mm–300 mM, pH 6.5–8.5) at a total volume of 500 µL
and incubated for up to 16 h at 5–50 ◦C and 300 rpm in Eppendorf thermomixers. The
reactions were stopped by the addition of 1 mL ethanol and vortexing. After centrifugation
of precipitated protein, the supernatants were analyzed by chiral HPLC on a Chiralpak
AD-RH (150 × 4.6 mM, 5 µm) using Na-borate buffer, (20 mM, pH 8.5) and acetonitrile
in a ratio of 70:30 as the mobile phase. The flow rate was 0.5 mL/min for 15 min. The
compounds were detected at 210 nm (DAD). A calibration curve of racemic 1b (external
standard) was used for quantification by linear interpolation. The enantiomeric excess was
calculated with the following formula, where [R] is the peak area of the (R)-1b and [S] the
peak area of (S)-1b. Retention times of (R)- and (S)-1b were 5.8 min and 6.4 min, respec-
tively. Nitrile 1a cannot be analyzed in the same chromatography run, as it decomposes
under these conditions.

ee [%] =
[S]− [R]
[R] + [S]

%

Analytical yield % of 1b was defined as the concentration of both enantiomers of
1b in relation to the concentration of the added starting material racemic 1a. The term
production is used as synonym for yield.

Analytical yield [%] =
{[(S)− 1b] + [(R)− 1b]}

[(R, S)− 1a]0
%

Conversion % refers to substrate consumption and is calculated with the substrate
concentration [S] at a given time and the initial substrate concentration [S]0.

Conversion [%] = 1− [S]
[S]0

%

3.4. Enzyme Activity in the Presence of Additives

The hydration of methacrylonitrile (MAN, 5a) was monitored as described previ-
ously [18]. Metals were added as solutions of MnCl2, FeCl2 or FeCl3.

3.5. One-Pot Enzymatic Dynamic Kinetic Resolution by Strecker Reaction from Three Precursors

KCN (3.65 mg/mL) was dissolved in Tris-HCl buffer (300 mM, pH 7.5) and mixed with
pyrrolidine (3.22 mg/mL) and propanal (4.2 µL/mL or 12.4 µL/mL). KH2PO4 (200 mM)
was used to adjust the pH to 7.3. Final buffer concentrations were 150 mM Tris HCl and
100 mM potassium phosphate. Per reaction, 50 µL of cell-free extract was mixed with
450 µL of this reaction mixture. Each reaction was carried out in triplicate. The reactions
proceeded at 25 ◦C and 500 rpm in an Eppendorf thermomixer. Reactions were terminated
and analyzed as described in Section 3.2.
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3.6. Chromatographic Assay for Substrate Scope Determination

The assay to explore the substrate scope of GhNHase was carried out as follows: 50 µL
of cell-free extract containing GhNHase (approximately 611 µg) was mixed with 450 µL
of substrate solution (final concentration 50 mM in potassium phosphate buffer, pH 7.2,
and 5% of DMSO). The samples were incubated for 30 min at 25 ◦C and 500 rpm. The
reactions were stopped by the addition of 500 µL EtOH. Precipitated protein was removed
by centrifugation, and the supernatants were analyzed by HPLC-UV. Agilent Technologies
1100 Series equipped with a G1379B degasser, 1200 Series Binary pump G1312B, G1367A
autosampler, G1330B autosampler thermostat, G1316A thermostated column compartment
and a G1315B diode array detector (DAD) was used. The analysis was carried out with
a Kinetex 2.6µ Biphenyl 100A HPLC column (Phenomenex). The mobile phases were
ammonium acetate (5 mM) with 0.5% (v/v) acetic acid in water and ACN at a flow rate of
0.26 mL min−1. The following stepwise gradient was used: 5–35% ACN (5 min), 35–60%
ACN (5.0–7.2 min) and 60–90% ACN (7.2–7.5 min). For quantification of compounds,
calibration curves were determined at 254 nm (nitriles) or 230 nm (amides), and linear
interpolation was used.

4. Conclusions

In conclusion, a virtually unexplored nitrile hydratase from Gordonia hydrophobica
(GhNHase) was evaluated as a biocatalyst for the preparation of API building blocks and,
in particular, for the preparation of the API levetiracetam. Focusing on a dynamic kinetic
resolution strategy, the non-oxidized levetiracetam precursor molecule 2-(pyrrolidine-1-
yl)butane amide was synthesized enzymatically, either starting from the racemic mixture
of 2-(pyrrolidine-1-yl)butanenitrile or from an aqueous solution of pyrrolidine, propanal
and KCN. Whereas analytical yields were significantly better than those described for
Comamonas testosteroni nitrile hydratase (up to 60% versus up to 90%), enantiomeric excess
values reached lower levels (>90% ee versus 70–80% ee). Due to higher product titers,
the formation of the putative byproduct 2-hydroxybutanamide was less pronounced for
GhNHase as compared to the case of the cobalt-dependent CtNHase. Conversions were
strongly determined by substrate concentrations, the reaction pH and the biocatalyst
amount, and these parameters also influenced the degree of selective formation of the
desired (S)-configured amide. The promising activity with this heterocyclic API building
block motivated us to explore the substrate scope by providing structurally diverse nitriles
as substrates to GhNHase, which revealed a preference for heterocyclic nitriles. GhNHase-
mediated hydration of 3-cyano-pyridine to nicotinamide was found to be the most efficient
reaction, but the broad substrate tolerance of GhNHase indicates that this enzyme is a
valuable addition to the limited toolbox of iron-dependent nitrile hydratases.
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14. Arndt, S.; Grill, B.; Schwab, H.; Steinkellner, G.; Pogorevčnik, U.; Weis, D.; Nauth, A.M.; Gruber, K.; Opatz, T.; Donsbach, K.; et al.
The sustainable synthesis of levetiracetam by an enzymatic dynamic kinetic resolution and an: Ex-cell anodic oxidation. Green
Chem. 2021, 23, 388–395. [CrossRef]

15. Prasad, S.; Bhalla, T.C. Nitrile hydratases (NHases): At the interface of academia and industry. Biotechnol. Adv. 2010, 28, 725–741.
[CrossRef]

16. Hopmann, K.H. Full reaction mechanism of nitrile hydratase: A cyclic intermediate and an unexpected disulfide switch. Inorg.
Chem. 2014, 53, 2760–2762. [CrossRef]

17. Petrillo, K.L.; Wu, S.; Hann, E.C.; Cooling, F.B.; Ben-Bassat, A.; Gavagan, J.E.; DiCosimo, R.; Payne, M.S. Over-expression
in Escherichia coli of a thermally stable and regio-selective nitrile hydratase from Comamonas testosteroni 5-MGAM-4D. Appl.
Microbiol. Biotechnol. 2005, 67, 664–670. [CrossRef] [PubMed]

18. Grill, B.; Glänzer, M.; Schwab, H.; Steiner, K.; Pienaar, D.; Brady, D.; Donsbach, K.; Winkler, M. Functional Expression and
Characterization of a Panel of Cobalt and Iron-Dependent Nitrile Hydratases. Molecules 2020, 25, 2521. [CrossRef]
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Abstract: The nonstructural antigen protein 3 of the hepatitis C virus (HCV NS3), commonly-used
for HCV ELISA diagnosis, possesses protease and helicase activities. To prevent auto-degradation, a
truncated NS3 protein was designed by removing the protease domain. Firstly, it was overexpressed
in E. coli by IPTG induction under two different temperatures (25 and 37 ◦C), and purified using
affinity chromatography to attain homogeneity above 90%. The molecular mass of purified protein
was determined to be approx. 55 kDa. While lowering the temperature from 37 to 25 ◦C, the yield of
the soluble fraction of HCV NS3 was increased from 4.15 to 11.1 mgL−1 culture, which also improved
the antigenic activity and specificity. The protein stability was investigated after long-term storage
(for 6 months at −20 ◦C) revealed no loss of activity, specificity, or antigenic efficacy. A thermal
stability study on both freshly produced and stored HCV NS3 fractions at both temperatures showed
that the unfolding curve profile properly obey the three-state unfolding mechanism. In the first
transition phase, the midpoints of the thermal denaturation of fresh NS3 produced at 37 ◦C and
25 ◦C, and that produced after long-term storage at 37 ◦C and 25 ◦C, were 59.7 ◦C, 59.1 ◦C, 55.5 ◦C,
and 57.8 ◦C, respectively. Microplates coated with the fresh NS3 produced at 25 ◦C or at 37 ◦C that
were used for the HCV ELISA test and the diagnosis outcome were compared with two commercial
kits—Abbott HCV EIA 2.0 and Ortho HCV EIA 3.0. Results indicated that the specificity of the HCV
NS3 produced fresh at 25 ◦C was higher than that of the fresh one at 37 ◦C, hence showing potential
for application in HCV ELISA diagnosis.

Keywords: HCV; NS3; protein expression; diagnosis; helicase; protease

1. Introduction

The hepatitis C virus (HCV), which infects approximately 3% of the world population
annually, is a major etiology of the blood transfusion-associated non-A and non-B hepati-
tis [1,2]. The reduction in post-transfusion HCV incidence for blood donors largely depends
on proper execution and lab practice. The most common screening method currently used
employs ELISA (enzyme-linked immunosorbent assay) or NAT (nucleic acid amplification
technology) to detect anti-HCV antibodies or HCV RNA in the serum sample. Although
NAT could identify an extremely low level of virus at a very early stage of the infection, it
is time-consuming, and the contamination potential limits its clinical application. ELISA is
hence still a more favorable choice for its relatively cheap and rapid output [3].

HCV, which belongs to the Flaviviridae family, is a small-enveloped virus with a single-
stranded sense (positive) RNA genome [4]. The viral genome encodes a single polyprotein,
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which is composed of about 3000 amino acids [5]. This polyprotein is cleaved by viral and
cellular proteases into several mature proteins, which includes three structural proteins
(core protein, envelopes 1 and 2) and six nonstructural proteins (NS2, NS3, NS4a, NS4b,
NS5a, NS5b). Among these mature proteins, only a few are immunogenic [6,7], whereas
among nonstructural proteins, protein 3 (NS3) has been demonstrated to possess potential
antigenic efficacy and be able to induce high levels of antibodies in the early infection
stage [8]. It also possesses enzymatic activities, including protease [9] and helicase [10],
which are required for viral replication. Mainly due to its conserved sequence, apart
from its immunogenic property, NS3 has been commonly used as an antigen of several
commercial ELISA diagnostic products (MUREX, MP, ORTHO, INNOTEST, GBC) [11–13].
Several studies have been carried out to produce soluble NS3 fractions in high quantities
through the cloning approach, including the refolding of overexpressed bulk fractions as
inclusion bodies of NS3 recombinant proteins [14,15], and to produce an active domain
such as the protease domain [16] or the helicase domain [17]. Nevertheless, due to its
auto-protease activity and its aggregation in the Escherichia coli expression system, the
industrial-scale production of this recombinant protein is still a major challenge.

Therefore, in the current study, a clone specially designed to synthesize a truncated
NS3 recombinant protein (without the protease domain) when overexpressed in the E. coli
expression system was developed. The aim of this research is to overcome the refolding
challenge of the recombinant protein (as inclusion body: lacking proper folding and ac-
tivity) when expressed under a strong promoter in the E. coli system growing at 37 ◦C.
The refolding of the inclusion body undergoes several time-consuming tedious steps of
high salt solubilization and salt removing purification. Alternatively, to reduce the rate of
protein expression (to avoid inclusion body formation) and improve its folding (soluble
fraction), a lower temperature (25 ◦C) culture incubation was opted for its expression
besides the usual temperature incubation at 37 ◦C. Temperature effects on recombinant pro-
tein production, protein stability, and antigenicity were characterized, and a comparative
account was presented between both recombinant proteins obtained from the 25 ◦C and
37 ◦C incubations. The comparison of recombinant HCV ELISA with two commercial kits,
the Abbott HCV EIA 2.0 and the Ortho HCV EIA 3.0, were also carried out and thoroughly
discussed.

2. Results and Discussions
2.1. Preparation of Recombinant HCV NS3
2.1.1. Expression and Purification of the Recombinant NS3 Proteins

To prevent auto-degradation, a recombinant clone encoding a truncated NS3 with
partial protease domain deletion was generated. The recombinant clone was overexpressed
in the E. coli expression system by IPTG induction at 37 ◦C or 25 ◦C, and then the E. coli
cell was collected. After cell disruption, about 15% of the NS3 protein was present in the
cell debris (data not shown) of the total culture biomass, and only the soluble NS3 protein
present in the supernatant fraction was used for purification. As shown in Figure 1, the
bands for the NS3 protein in the supernatant fraction were more abundant at the 25 ◦C
than at the 37 ◦C incubations. When chromatography was applied, both 37 ◦C and 25 ◦C
incubated NS3 could be isolated efficiently by a single Talon affinity column, as shown in
Figure 2A. Finally, as listed in Table 1, the NS3 production yield of the 25 ◦C incubation was
three-fold higher than that of the 37 ◦C incubation. Even though the incubation at lower
temperatures was designed to extend the incubation time from 4 to 18 h, the production
yield was elevated dramatically from 4.15 to 11.1 mg/L. It was determined that when the
incubation temperature was reduced from 37 to 25 ◦C, the growth rate of bacteria was
also reduced; however, the lower temperature conditions significantly increased the 3D
folding degree of NS3 towards proper protein structure and further promoted the protein’s
solubility and productivity.
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Table 1. Production yield of HCV NS3 in a 40 L reaction, with incubation temperatures of 37 ◦C and
25 ◦C.

Temperature Crude Extract HCV NS3 Production Yield

(◦C) (mg) (mg) (mg/L)

37 1030 (±5%) 166 (±3%) 4.15 (±3%)
25 910 (±4%) 445 (±1%) 11.1 (±1%)

2.1.2. Property and Stability of Fresh and Stored NS3 Proteins

The protein stability of NS3 after long-term storage was evaluated for their homo-
geneity and properties as compared to the freshly produced NS3 fractions in both proteins
produced at 25 and 37 ◦C. After a single Talon affinity column purification, both fresh
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NS3 recombinant proteins produced at an incubation temperature of 37 ◦C and 25 ◦C
(Figure 2A: lane 2 and 4) showed a major band in their respective lanes of SDS-PAGE.
Similar band intensity (without the smearing of degraded oligopeptides) also obtained
from protein samples stored over six months (Figure 2A: lane 1 and 3) in a 10% glycerol
solution at −20 ◦C. Their degree of purity was above 90% by HPLC (Figure 3). The purity
obtained was 92%, 97%, 92%, and 97%, respectively, from fresh and stored samples from
the 37 ◦C and 25 ◦C incubations. In these two experiments, there were no significant
differences in antigenic efficacy between the fresh and the long-term-stored NS3 protein
antigens. The SDS-PAGE was further analyzed for their specificities by western blotting,
as shown in Figure 2B. Besides the major anti-HCV specified band, a smear fraction was
found for the long-term-stored NS3 proteins produced at 37 ◦C (Figure 2B, lane 1). In
contrast, no smear fraction (no protein degradation) was observed for the recombinant NS3
protein sample produced at 25 ◦C even after six months of storage. This finding illustrates
that the protein stability of NS3 antigens possessed in these fractions depended on the
applied incubation temperature for growth, although less on the storage time. Moreover,
the degradation of long-term-stored NS3 incubated at 37 ◦C might be due to protease
activity from the highly homogenous stock enzyme solution. Although the cloned HCV
NS3 was not full-length, it still retains a part of the protease fragment region, therefore it
still retains the protease hydrolysis properties. [18]. However, the recombinant protein NS3
degradation was still very low compared to other proteins reported [19,20]. Such property
improves HCV resistance and for which two mutations have been reported: D168N and
L153I [20]. Their molecular mechanisms are discussed in detail by recent studies covering
the destabilization of receptor–ligand hydrogen bonds [18,20].

Catalysts 2021, 11, 1297 4 of 13 
 

 

2.1.2. Property and Stability of Fresh and Stored NS3 Proteins 
The protein stability of NS3 after long-term storage was evaluated for their 

homogeneity and properties as compared to the freshly produced NS3 fractions in both 
proteins produced at 25 and 37 °C. After a single Talon affinity column purification, both 
fresh NS3 recombinant proteins produced at an incubation temperature of 37 °C and 25 
°C (Figure 2A: lane 2 and 4) showed a major band in their respective lanes of SDS-PAGE. 
Similar band intensity (without the smearing of degraded oligopeptides) also obtained 
from protein samples stored over six months (Figure 2A: lane 1 and 3) in a 10% glycerol 
solution at −20 °C. Their degree of purity was above 90% by HPLC (Figure 3). The purity 
obtained was 92%, 97%, 92%, and 97%, respectively, from fresh and stored samples from 
the 37 °C and 25 °C incubations. In these two experiments, there were no significant 
differences in antigenic efficacy between the fresh and the long-term-stored NS3 protein 
antigens. The SDS-PAGE was further analyzed for their specificities by western blotting, 
as shown in Figure 2B. Besides the major anti-HCV specified band, a smear fraction was 
found for the long-term-stored NS3 proteins produced at 37 °C (Figure 2B, lane 1). In 
contrast, no smear fraction (no protein degradation) was observed for the recombinant 
NS3 protein sample produced at 25 °C even after six months of storage. This finding 
illustrates that the protein stability of NS3 antigens possessed in these fractions depended 
on the applied incubation temperature for growth, although less on the storage time. 
Moreover, the degradation of long-term-stored NS3 incubated at 37 °C might be due to 
protease activity from the highly homogenous stock enzyme solution. Although the 
cloned HCV NS3 was not full-length, it still retains a part of the protease fragment region, 
therefore it still retains the protease hydrolysis properties. [18]. However, the recombinant 
protein NS3 degradation was still very low compared to other proteins reported [19,20]. 
Such property improves HCV resistance and for which two mutations have been reported: 
D168N and L153I [20]. Their molecular mechanisms are discussed in detail by recent 
studies covering the destabilization of receptor–ligand hydrogen bonds [18,20]. 

 
Figure 3. Size exclusion HPLC of purified HCV NS3. This assay was performed in a 0.1 M phosphate 
buffer at pH 6.7 by a flow rate of 0.3 mL/min using SEC column (BioSuiteTM 125, 4 μm HR SEC, 7.8 
× 300 mm, Waters Corporation, Milford, MA, USA). All samples were eluted as a major 280 nm 
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Figure 3. Size exclusion HPLC of purified HCV NS3. This assay was performed in a 0.1 M phosphate
buffer at pH 6.7 by a flow rate of 0.3 mL/min using SEC column (BioSuiteTM 125, 4 µm HR SEC,
7.8 mm × 300 mm, Waters Corporation, Milford, MA, USA). All samples were eluted as a major
280 nm absorption peak (retention time near 12 min). The purified recombinant protein elution peaks
of fresh 37 ◦C produced (-), fresh 25 ◦C produced (. . . ), long-term-stored 37 ◦C produced (—), and
long-term-stored 25 ◦C produced (-..), obtained in order.

2.1.3. Electrospray Ionization Mass Spectrometric (ESI-MS) Analysis

The deconvolutions of the mass spectra of fresh NS3 proteins produced at 25 ◦C or
37 ◦C gave the same molar mass of 54,540 atomic mass units. However, cluster peaks at
around 1600–2100 m/z were detected only in 25 ◦C produced NS3 proteins (Figure 4A).
When calculating the charge states of the monomeric NS3 (as the numbers labeled above
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peaks in Figure 4), an additional peak in the NS3 produced at 25 ◦C was observed. These
cluster peaks were isolated and deconvoluted as 109,080 amu belonging to the dimeric form
of NS3. Even though the dimerization of NS3 was expected for its helicase activity [21],
however, the monomeric form was still a major part of the 25 ◦C produced protein. The
truncated recombinant HCV (for protease) is well-reported for its helicase activity [22,23].
The theoretical molecular mass of the above-mentioned protein was equal to 54,656.36 [24];
however, the obtained Mw from the mass spectrum was 54,540. In general, high m/z values
signify either a higher molecular weight or a lower charge state for the protein. In most
cases, unfolded proteins require more protons and would thus appear at lower m/z values
than those of the folded forms [25]. Thus, based on these findings, it can be concluded
that the NS3 protein produced at 25 ◦C was either more compact or with more dimeric
form than those produced at 37 ◦C. According to the amino acid sequence, this protein has
15 cysteine units; thus, it can form a maximum of up to 6–7 disulfide bonds. Nevertheless,
studies have not yet been carried out to confirm the number of disulfide bonds that are
in place and their effects on its properties during the ELISA test. The disulfide bond is
highly important for immunogenic and antigenic performance as well as in diagnosis. It
was reported from mutagenic studies that the replacement of even a single cysteine out of
six cysteine residues in herpes simplex virus type 1 glycoprotein resulted in either a great
reduction or a complete loss of binding with those monoclonal antibodies recognizing
irregular epitopes. However, there was no effect on its binding with monoclonal antibodies
recognizing continuous epitopes [26].

Catalysts 2021, 11, 1297 5 of 13 
 

 

2.1.3. Electrospray Ionization Mass Spectrometric (ESI-MS) Analysis 
The deconvolutions of the mass spectra of fresh NS3 proteins produced at 25 °C or 

37 °C gave the same molar mass of 54,540 atomic mass units. However, cluster peaks at 
around 1600–2100 m/z were detected only in 25 °C produced NS3 proteins (Figure 4A). 
When calculating the charge states of the monomeric NS3 (as the numbers labeled above 
peaks in Figure 4), an additional peak in the NS3 produced at 25 °C was observed. These 
cluster peaks were isolated and deconvoluted as 109,080 amu belonging to the dimeric 
form of NS3. Even though the dimerization of NS3 was expected for its helicase activity 
[21], however, the monomeric form was still a major part of the 25 °C produced protein. 
The truncated recombinant HCV (for protease) is well-reported for its helicase activity 
[22,23]. The theoretical molecular mass of the above-mentioned protein was equal to 
54,656.36 [24]; however, the obtained Mw from the mass spectrum was 54,540. In general, 
high m/z values signify either a higher molecular weight or a lower charge state for the 
protein. In most cases, unfolded proteins require more protons and would thus appear at 
lower m/z values than those of the folded forms [25]. Thus, based on these findings, it can 
be concluded that the NS3 protein produced at 25 °C was either more compact or with 
more dimeric form than those produced at 37 °C. According to the amino acid sequence, 
this protein has 15 cysteine units; thus, it can form a maximum of up to 6–7 disulfide 
bonds. Nevertheless, studies have not yet been carried out to confirm the number of 
disulfide bonds that are in place and their effects on its properties during the ELISA test. 
The disulfide bond is highly important for immunogenic and antigenic performance as 
well as in diagnosis. It was reported from mutagenic studies that the replacement of even 
a single cysteine out of six cysteine residues in herpes simplex virus type 1 glycoprotein 
resulted in either a great reduction or a complete loss of binding with those monoclonal 
antibodies recognizing irregular epitopes. However, there was no effect on its binding 
with monoclonal antibodies recognizing continuous epitopes [26]. 

 
Figure 4. The mass spectra of HCV NS3 proteins produced at 25 °C (A) and 37 °C (B). They are plots 
of ion intensity vs. m/z (mass-to-charge ratio). The deconvolution of the spectra (inset) give the same 
molar mass of 54,540 atomic mass units. Numbers above the peaks stand for the z value (charge 
state) of the monomeric protein, and triangle labels are the signals specific to the dimeric protein. 

  

Figure 4. The mass spectra of HCV NS3 proteins produced at 25 ◦C (A) and 37 ◦C (B). They are plots
of ion intensity vs. m/z (mass-to-charge ratio). The deconvolution of the spectra (inset) give the same
molar mass of 54,540 atomic mass units. Numbers above the peaks stand for the z value (charge
state) of the monomeric protein, and triangle labels are the signals specific to the dimeric protein.

2.1.4. Protein Structure Stability

The protein structure was analyzed by CD spectrometry. As shown in Figure 5, the
far-UV CD spectra showing a negative peak at 222 nm and 208 nm were a CD spectrum
typical for an α-helix conformation. However, at 210–220 nm, the elliptical values of
long-term-stored NS3 proteins produced at 37 ◦C were significantly smaller than the other
freshly prepared protein samples. It can be concluded that after long-term storage, the
protein structure of the NS3 protein produced at 37 ◦C was slightly changed, followed by
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aggregation and precipitation in the solution. The same phenomenon was described by a
previous study carried out in 1999 [19]. This was also explained by the less compact 37 ◦C
produced NS3 protein structure.
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2.1.5. Thermal Stability of NS3 Proteins

By monitoring the CD signal at 222 nm in a temperature range of 4–96 ◦C, the thermal
denaturation of recombinant NS3 was measured. As shown in Figure 6, the CD values at
222 nm from 4 to 96 ◦C revealed that the thermal unfolding of all NS3 proteins began at
around 40◦C and was completed above 65 ◦C. When the unfolding fraction reached 50%,
the observed temperatures were anticipated for the thermal denaturation (Tm) values at
about 55–59 ◦C (as shown in Table 2). For a more quantitative evaluation of the temperature
effect, the unfolding curves were analyzed with both the two-state and the three-state
transition models. Even though the unfolding curves exhibited a typical biphasic transition
profile, when the unfolding curve was applied to the two-state unfolding model, it failed
to obtain the corresponding thermodynamic parameters (data not shown). Moreover, the
theoretical curves of the three-state transition model were best fitted to the experimental
data, as shown in Figure 6; the corresponding thermodynamic factors are summarized
in Table 2. One possible explanation is that two domains are independently unfolded,
and two transition phases correspond to the unfolding of individual domains. The whole
unfolding process was subjected to the second transition phase in which Tm was almost
equal to a 50% fraction unfolded. In the second transition phase, the loss of stability of
long-term-stored NS3 induced at 37 ◦C was approximately 4.6 kcal/mol, a value that is
explained by the disruption of several intramolecular interactions. However, advanced
experiments are required to clarify this phenomenon. In general, these CD values shown
in Figures 5 and 6 implied that all the recombinant NS3 possessed a similar structure and
stability before the storage. After a six-month storage, however, the recombinant protein
produced at a 37 ◦C incubation was less stable than that of the protein produced at a 25 ◦C
incubation. There are three independent domains comprising this protein, including the
helicase ATP-binding domain, the DEAD-like helicase C domain, and a domain containing
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a 7α-helix (see Supplementary File). Moreover, the TI (Tm Index) of the DEAD-like helicase
C domain was much higher than that produced by other proteins.
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Figure 6. Thermal unfolding of HCV NS3 proteins recorded by far-UV CD spectroscopy. It was
monitored by the change in ellipticity at a wavelength of 222 nm in the temperature range of 4–96 ◦C.
The thermal denaturation (Tm) of fresh 37 ◦C produced (•), fresh 25 ◦C produced (o), long-term-
stored 37 ◦C produced (H), and long-term-stored 25 ◦C produced (∇) are obtained in order. Solid
lines are the theoretical fitting curves with the thermodynamic parameters, also given in Table 2.

Table 2. Thermodynamic parameters for unfolding transition of NS3 Proteins produced at 37 ◦C and 25 ◦C.

50%
Unfolding First Transition Phase Second Transition Phase

Sample a Tm Tm ∆Tm ∆Hm ∆Sm ∆∆Gm Tm ∆Tm ∆Hm ∆Sm ∆∆Gm

◦C ◦C ◦C kcal/mol kcal/mol/K kcal/mol ◦C ◦C kcal/mol kcal/mol/K kcal/mol
F37 59 65.2 - 85 0.3 - 59.7 - 365 1.1 -
F25 59 64.0 −1.2 96 0.3 −0.3 59.1 −0.6 332 1.0 −0.7
L37 55 63.7 −1.5 81 0. −0.4 55.5 −4.2 338 1.0 −4.6
L25 57 62.0 −3.2 89 0.3 −0.8 57.8 −1.9 387 1.2 −2.0

a: F37: Fresh 37 ◦C produced NS3; 25F: Fresh 25 ◦C produced NS3; 37L: Long-term-stored 37 ◦C produced NS3; 25L: Long-term-stored
25 ◦C produced NS3.

2.1.6. ELISA Specificity of NS3 Proteins

Two home-made HCV ELISA tests pre-coated by NS3 produced at 25 ◦C or 37 ◦C
and two commercial kits, Abbott 2.0 and Ortho 3.0, were assessed by two BBI HCV panels
(Boston Biomedica Inc., Easton, MA, USA), as shown in Figure 7A,B. In general, four ELISA
tests demonstrated the same result: non-reactive specimens (S/Co < 1) contained negative
samples and reactive specimens (S/Co > 1) contained positive and intermediate samples.
It can be observed that the gap between the S/Co < 1 and the S/Co > 1 specimen presented
on lane 4 was larger than the gap on lane 3. This indicated an improved specificity with
25 ◦C incubation. However, the specificity of NS3 was not higher than the commercial
kits. It was noted that these two commercial kits were multi-antigen ELISA and our
lab-made microplates were single-antigen ELISA, with only NS3 as the antigen. The
antigenicity of truncated recombinant NS3 protein produced at the lab was comparable
with the commercial one, while its production strategies were found easy and effective via
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strategic low temperature expression. This method can be adopted in the near future to
obtain potential products for HCV ELISA diagnosis.
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The study of Elleuche et al. [27] and Lawyer et al. [28] respectively discussed the
truncated-form protein’s benefits for specific activities over the full-length protein. The
main reason for the truncated form of the HCV NS3 used in this study was to reduce
its self-hydrolytic activity, which raises NS3 purity and reduces false negatives for the
detection of anti-NS3 in ELISA (data not shown).

The expression at lower temperatures in an E. coli system helps to improve recom-
binant protein performance, which has been confirmed in the previous literature [29,30]
and also confirmed in the results of our current study. Moreover, commercial biologic
agents also mainly utilize lower temperatures for protein expression in an E. coli system,
which illustrates this feature and advantage [31]. Additionally, the results of the current
study are in line with the report of Sandomenico et al. [31], which confirms that the protein
expression at a lower temperature (25 ◦C) exhibits superior performance as compared to
that of the higher temperature (37 ◦C), as demonstrated by solubility, purity, antigenic
efficacy, and stability.

3. Materials and Methods
3.1. Materials

All reagents used in the study were of analytical or molecular biology grade and
purchased from Sigma or Merck. E. coli BL21 (DE3) (BF- ompT hsdS (rB

−mB
−) dcm+ galλ

(DE3)) purchased from Stratagene was used for cloning and recombinant protein expression
experiments. Abbott HCV EIA 2.0 and Ortho HCV EIA 3.0 were purchased from Abbott and
Ortho-Clinical Diagnostics, respectively. Two commercial HCV seroconversion panels for
ELISA evaluation were purchased from BBI Diagnostics (BBI Diagnostics Boston Biomedica,
Inc., Easton, MA, USA). These two BBI panels contained 37 specimens. Thirteen specimens
of these species were obtained from Anti-HCV Low Titer Performance Panel PHV 105 (M).
There were 7 positive, 1 negative, and 5 intermediate samples. The other 24 specimens were
obtained from Anti-HCV Mixed Titer Performance Panel PHV 205. There were 20 positive,
2 negative, and 3 intermediate samples.
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3.2. Expression of the Recombinant NS3 Proteins

A plasmid (pET 21a) carrying a gene code for a truncated NS3 flanked by a T7 tag and a
His-tag was a gift from General Biologicals Corp. (GBC: General Biologicals. Corp., Taiwan).
The expressed DNA of truncated NS3 was located from 3525 to 4971 bps on the HCV
genome (the HCV NS3 helicase domain, amino acid residues 1175–1657, total of 483 aa)
(GenBank ID: P29846) [32] and it was ligated into a pET-21a plasmid double-digested by
BamHI and HindIII. The resulting plasmid was pET21a-NS3, which was well-characterized
for its recombinant DNA sequence and protein sequence (see Supplementary File). The
plasmid was expressed in BL21 (DE3) and the molecular mass of recombinant protein was
determined. A single colony of BL21 (DE3) harboring HCV NS3 plasmid was used to
inoculate in 400 mL LB (Difco) broth containing 100 µg/mL ampicillin, incubated overnight
at 37 ◦C and then diluted to 40 L with LB-amp broth. After a 4 h incubation with shaking
at 37 ◦C, or after bacterial density reached about 0.8 at 600 nm by spectrophotometer,
IPTG was added as an inducer to a final concentration of 0.5 mM. Comparative studies of
recombinant protein activity/efficacy were performed by an additional incubation of 4 h at
37 ◦C and/or 18 h at 25 ◦C.

3.3. Purification of the Recombinant NS3 Proteins

The harvested cells of BL21 (DE3) from the 40 L culture medium were suspended in
150 mL of Buffer A (50-mM Tris, 0.5 M-NaCl and 5-mM imidazole at pH 8.0) and lysed
using a microfluidizer. The supernatant (crude extract) was separated by centrifuging
(10,600× g, 60 min, 4 ◦C) and applied to Talon affinity column (BD Bioscience, 50 mL),
which was pre-equilibrated with a 2-fold volume of Buffer A. After washing the unbound
proteins with a 10-fold volume of Buffer A by gravity at 4 ◦C, the NS3 was eluted with
300 mL of the 100 mM imidazole (50 mM Tris, 0.5 M NaCl, and 100 mM imidazole at
pH 8.0). Purified proteins were stored for further use in small aliquots (about 1 mL) at 4 ◦C
within one week (fresh NS3) or at −20 ◦C over 6 months (long-term-stored NS3) for further
experiments.

3.4. HPLC Performance

Identification was performed and purity of the recombinant proteins was analyzed
using high-performance liquid chromatography (HPLC; 600E Multisolvent Delivery Sys-
tem, Waters Corporation, Milford, MA, USA) with an Ultra High-Resolution SEC column
(BioSuiteTM 125, 4 µm HR SEC, 7.8 mm× 300 mm, Waters Corporation, Milford, MA, USA)
under 4 ◦C. About 100 µL of purified recombinant proteins was applied and eluted with
0.15 M phosphate buffer (pH 6.8) at a flow rate of 0.3 mL/min [33]. The absorbance data
at 280 nm (996 Photodiode Array Detector, Waters Corporation, Milford, MA, USA) were
collected and processed using the Empower 2 Chromatography Data Software (Waters
Corporation, Milford, MA, USA).

3.5. Western Blot Analysis and Protein Estimation

The purified recombinant NS3 was first analyzed by 12% SDS polyacrylamide gel
electrophoresis (SDS-PAGE). Its specificity and stability were then observed by western
blotting using anti-His as the primary antibody [34]. The protein concentration and
secondary structure were assayed by Bradford method (Bio-Rad, Hercules, CA, USA) and
Circular Dichroism spectra (details in the section below), respectively.

3.6. Electrospray Ionization Mass Spectrometric (ESI-MS) Analysis

Mass spectra were recorded with a quadrupole time-of-flight mass spectrometer
(Micromass, Manchester, UK). This was used to scan at a ratio of mass to charge in the range
of 100–2500 units (m/z), with a scan of 3 s/step and an interscan duration of 0.1 s/step. In
all the ESI-MS experiments, the quadrupole scan mode was used under a capillary needle
at 3 kV, a source block temperature of 80 ◦C, and a desolvation temperature of 150 ◦C [35].
The desalted form of the NS3 proteins in 10% acetonitrile containing 0.1% formic acid used
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for the MS measurements was normally within the range of 5–10 µg. Data acquisition and
processing were performed with the MassLynx software (Version 4.0).

3.7. CD Measurements

The stabilities of secondary structure were performed by Circular Dichroism (CD)
spectrometry. It was recorded using an Aviv model 202 Circular Dichroism Spectrometer
equipped with a 450-watt Xenon arc lamp. Far UV CD data were expressed in terms of the
mean residue ellipticity (θMRE) in deg cm2 dmol−1 using the following:

θMRE = (100 θobs Mw)/(nlc) (1)

where θobs is the observed ellipticity in degrees, MW is the protein molecular weight in
g/mol, n is the number of amino acid residues, l is the path length of the cell in cm, c is the
protein concentration in mg/mL and the factor of 100 originates from the conversion of the
molar weight to mg/dmol unit. The concentration of the NS3 protein in CD measurements
was about 0.1–0.3 mg/mL in the 1 cm cuvette.

3.8. Thermal Unfolding Experiments

Thermal unfolding curves of NS3 were experimentally obtained in a 20 mM phosphate
buffer (pH 6.8) using an Aviv model 202 Circular Dichroism Spectrometer. The CD value
at 222 nm was monitored while raising the temperature in the range of 4–96 ◦C, with 2 ◦C
and 30 s intervals. The midpoint of thermal denaturation (Tm) was extracted from the
thermal unfolding, curved by normalization CD value, as in the following equation:

X = (1 − YT/Z) × 100% (2)

where X is the percentage of thermal unfolding protein, YT is the CD value at a given
temperature T, and Z is the average CD value between 70 and 96 ◦C. The Tm was defined
as the temperature when X = 50%.

The Tm and thermodynamic parameters of unfolding curves were analyzed by a
three-state transition model. The enthalpy and entropy changes were calculated by the
modified van ‘t Hoff equation [36]. The theoretical curve was fitted to the experimental data
by non-linear least square fitting procedure to obtain the thermodynamic parameters for
the individual transition phase. The difference in the free energy change of the unfolding
between each NS3 and fresh 37 ◦C incubated NS3 was estimated at the Tm of fresh 37 ◦C
incubated NS3 using the following formula:

∆Gm = ∆Tm ∆Sm (3)

where ∆Tm is the difference in Tm between each NS3 and fresh NS3 incubated at 37 ◦C,
and ∆Sm is the entropy change of fresh NS3 incubated at 37 ◦C at its Tm.

3.9. ELISA Analysis of the Recombinant NS3 Proteins

The purified recombinant NS3 diluted to 1.2 µg with the coating buffer (20 mM
phosphate buffer, pH 6) was applied to microplates and the plates were then incubated
at 4 ◦C for at least 20 h. The microplates were washed, overcoated, and dried for 20 h.
Specimens in two seroconversion panels (BBI) were diluted 20-fold with the Specimen
Diluent C (3HC03-350 Lot C58C06SDP, GBC). A total of 100 µL of the diluted mixture was
then added to the microplates for 1 h at 37 ◦C as the primary antibody. After washing,
the conjugated (100 µL, GBC) anti-human IgG-HRPO was then applied as the secondary
antibody for 30 min at 37 ◦C. The microplates were washed and developed by adding
100 µL of 3,3′,5,5′-tetramethylbenzidine in the dark for 30 min at room temperature. The
peroxidase reaction was terminated by adding 100 µL of 2-N H2SO4, and the absorbance at
450–650 nm was measured using the ELISA reader (Molecular Devices). The absorbance
was compiled statistically as S/Co value (S: sample value; Co: cutoff value). The Co
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value was calculated as the negative control OD value, plus the positive control OD value,
divided by 4 (Co = NCx + PCx/4). Samples with an absorbance equal to or higher than the
cut-off value, i.e., S/Co values greater than 1, were considered to be initially reactive in
the assay.

4. Conclusions

This study confirms that the truncated form of the HCV NS3 protein as compared to
the full-length protein exhibits better specific activity, purity, and application due to its
reduced self-hydrolytic activity and false negative results in ELISA. Our results clearly
show that the expression at lower temperatures in the E. Coli system improves recombinant
protein performance. The incubation temperature shifting from 37 ◦C to 25 ◦C appeared to
improve protein folding, solubility, the yield of the soluble fraction of HCV NS3 from 4.15
to 11.1 mgL−1, and the storage shelf life of the cloned and over-expressed recombinant
NS3. Such properties are probably due to a compact protein structure that increases the
protein stability. When the specificity of NS3 expressed at 25 ◦C was compared with that
of another NS3 and two commercial kits by international standard panels, the truncated
NS3 produced at 25 ◦C had a better discriminating ability than the 37 ◦C produced protein,
and was competitive with the commercial kit (Figure 7). Hence, it may have the highest
potential for HCV ELISA diagnosis. These characteristics and advantages can be seen in
commercial biologics, which mostly use E. coli systems for protein expression. Moreover,
the results of the current study are in line with the published reports, which confirms that
the protein expression at lower temperatures (25 ◦C) exhibits superior performance as
compared to that at higher temperatures (37 ◦C), as demonstrated by solubility, purity,
antigenic efficacy, and stability. In conclusion, a lower temperature expression technology
of proteins offers greater potential for the development of biological agents and in vitro
diagnostics that are both more effective and commercially feasible.
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Abstract: Industries such as mining, cokemaking, (petro)chemical and electroplating produce ef-
fluents that contain free cyanide (fCN = HCN + CN−). Currently, fCN is mainly removed by
(physico)chemical methods or by biotreatment with activated sludge. Cyanide hydratases (CynHs)
(EC 4.2.1.66), which convert fCN to the much less toxic formamide, have been considered for a mild
approach to wastewater decyanation. However, few data are available to evaluate the application
potential of CynHs. In this study, we used a new CynH from Exidia glandulosa (protein KZV92691.1
designated NitEg by us), which was overproduced in Escherichia coli. The purified NitEg was highly
active for fCN with 784 U/mg protein, kcat 927/s and kcat/KM 42/s/mM. It exhibited optimal ac-
tivities at pH approximately 6–9 and 40–45 ◦C. It was quite stable in this pH range, and retained
approximately 40% activity at 37 ◦C after 1 day. Silver and copper ions (1 mM) decreased its activity
by 30–40%. The removal of 98–100% fCN was achieved for 0.6–100 mM fCN. Moreover, thiocyanate,
sulfide, ammonia or phenol added in amounts typical of industrial effluents did not significantly
reduce the fCN conversion, while electroplating effluents may need to be diluted due to high fCN
and metal content. The ease of preparation of NitEg, its high specific activity, robustness and long
shelf life make it a promising biocatalyst for the detoxification of fCN.

Keywords: biocatalyst; cyanide hydratase; nitrilase; Exidia glandulosa; industrial effluent; cokemaking;
electroplating; wastewater treatment; free cyanide; formamide

1. Introduction

Cyanide is widely used in industry due to its chelating and electrolytic properties.
For example, it is used to leach gold and silver from their ores. These processes generate
significant amounts of cyanide waste [1,2]. Cyanide wastewaters also come from, e.g.,
electroplating, jewelry industry, (petro)chemical industry and cokemaking [1,3–7].

Cyanide occurs as free cyanide (fCN), i.e., CN− and HCN, or as metal complexes.
fCN is the most toxic; at pH ≤8.5, it occurs predominantly as volatile HCN, which is very
hazardous [1]. The above industrial effluents also contain other chemicals such as sulfide,
thiocyanate, ammonia, phenols or metals [4–9], which can complicate their treatment.

Organic pollutants have adverse effects on human health and the environment [10,11].
Cyanide is one of them, and is listed as toxic pollutant; according to the Environmental
Protection Agency (EPA) effluent guidelines, the limit concentration of total cyanide is
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1.30 mg/L for any one day in electroplating [12], while the limit for cokemaking is expressed
in kg of total cyanide per ton of product (e.g., approximately 0.07 kg/t for any one day) [13].

The molecular mechanism of cyanide toxicity primarily consists in the formation of a
complex with the iron cofactor in cytochrome c oxidase (EC 7.1.1.9), thereby affecting the
respiratory chain. Consequently, multiple body systems (e.g., respiratory, cardiovascular,
central nervous, sensory nervous, and endocrine) are severely affected by cyanide [14],
with LD50 of 1–3 mg per kg of body weight (calculated for ingested HCN) [1]. In addition,
aquatic ecosystems are extremely sensitive to low concentrations of fCN (≤0.01 mg/L and
≤0.15 mg/L for prolonged and acute exposure, respectively) [14].

Spontaneous processes based on volatilization, oxidation, precipitation, or microbial
decomposition were traditionally used in the treatment of gold mine waste in “tailing
ponds”. Later, the trend was toward more strictly controlled processes such as alkaline
chlorination or oxidation with, e.g., SO2 + air (Inco process), or SO2 + air + H2O2 (CombinOx
process) [1].

Nanomaterials are among the promising tools for eliminating or mitigating the harm-
ful effects of environmental pollutants. For example, they were proposed for removing
environmental contaminants such as industrial dyes [10,11,15], or nitrate ions [16]. Their
uses for wastewater decyanation also emerged. These strategies used ZnO or Ga2O3/Pt
nanoparticles acting as photocatalysts for the breakdown of fCN [17,18]. The current focus
is on non-toxic nanoparticles produced through environmentally friendly methods, e.g.,
from biodegradable polymers [10,11].

Biological processes offer alternative ways to overcome the bottlenecks of the (physico)-
chemical approaches in terms of required space, time, energy or chemicals, or secondary
waste. Microbial consortia (activated sludge) have already found full-scale applications in
the treatment of cokemaking wastewaters [19].

In contrast, biocatalysts still have a very limited impact in this area, although cyanide
hydratases (CynHs; EC 4.2.1.66) and cyanide dihydratases (CynDs; EC 3.5.5.1) seem to be
promising tools for wastewater detoxification, as they catalyze the conversion of fCN to
the less toxic formamide, and to a formic acid/ammonia mixture, respectively (Figure 1A).
In particular, they are resistant to high fCN concentrations and do not require a cofactor. In
addition, CynHs have the advantage of about 10-fold higher specific activity compared
to CynDs [20]. CynHs also transform some nitriles such as 2-cyanopyridine (2CP), the
products of which are the corresponding carboxylic acid and amide (Figure 1B).

Catalysts 2021, 11, x FOR PEER REVIEW 2 of 16 
 

 

Organic pollutants have adverse effects on human health and the environment 
[10,11]. Cyanide is one of them, and is listed as toxic pollutant; according to the Environ-
mental Protection Agency (EPA) effluent guidelines, the limit concentration of total cya-
nide is 1.30 mg/L for any one day in electroplating [12], while the limit for cokemaking is 
expressed in kg of total cyanide per ton of product (e.g., approximately 0.07 kg/t for any 
one day) [13]. 

The molecular mechanism of cyanide toxicity primarily consists in the formation of 
a complex with the iron cofactor in cytochrome c oxidase (EC 7.1.1.9), thereby affecting 
the respiratory chain. Consequently, multiple body systems (e.g., respiratory, cardiovas-
cular, central nervous, sensory nervous, and endocrine) are severely affected by cyanide 
[14], with LD50 of 1–3 mg per kg of body weight (calculated for ingested HCN) [1]. In 
addition, aquatic ecosystems are extremely sensitive to low concentrations of fCN (≤0.01 
mg/L and ≤0.3 mg/L for prolonged and acute exposure, respectively) [14]. 

Spontaneous processes based on volatilization, oxidation, precipitation, or microbial 
decomposition were traditionally used in the treatment of gold mine waste in “tailing 
ponds”. Later, the trend was toward more strictly controlled processes such as alkaline 
chlorination or oxidation with, e.g., SO2 + air (Inco process), or SO2 + air + H2O2 (CombinOx 
process) [1]. 

Nanomaterials are among the promising tools for eliminating or mitigating the harm-
ful effects of environmental pollutants. For example, they were proposed for removing 
environmental contaminants such as industrial dyes [10,11,15], or nitrate ions [16]. Their 
uses for wastewater decyanation also emerged. These strategies used ZnO or Ga2O3/Pt 
nanoparticles acting as photocatalysts for the breakdown of fCN [17,18]. The current focus 
is on non-toxic nanoparticles produced through environmentally friendly methods, e.g., 
from biodegradable polymers [10,11]. 

Biological processes offer alternative ways to overcome the bottlenecks of the (phys-
ico)chemical approaches in terms of required space, time, energy or chemicals, or second-
ary waste. Microbial consortia (activated sludge) have already found full-scale applica-
tions in the treatment of cokemaking wastewaters [19]. 

In contrast, biocatalysts still have a very limited impact in this area, although cyanide 
hydratases (CynHs; EC 4.2.1.66) and cyanide dihydratases (CynDs; EC 3.5.5.1) seem to be 
promising tools for wastewater detoxification, as they catalyze the conversion of fCN to 
the less toxic formamide, and to a formic acid/ammonia mixture, respectively (Figure 1A). 
In particular, they are resistant to high fCN concentrations and do not require a cofactor. 
In addition, CynHs have the advantage of about 10-fold higher specific activity compared 
to CynDs [20]. CynHs also transform some nitriles such as 2-cyanopyridine (2CP), the 
products of which are the corresponding carboxylic acid and amide (Figure 1B). 

 
Figure 1. Transformation of (A) HCN by cyanide hydratase (CynH) or cyanide dihydratase 
(CynD), and (B) transformation of 2-cyanopyridine by CynH. 

CynH has been considered a potential cyanide-degrading biocatalyst since it was first 
described in the fungus Stemphylium loti [21]. In the following years, other CynHs were 
obtained from Gloeocercospora sorghi [22], and genus Fusarium [23–25]. However, the CynH 

Figure 1. Transformation of (A) HCN by cyanide hydratase (CynH) or cyanide dihydratase (CynD),
and (B) transformation of 2-cyanopyridine by CynH.

CynH has been considered a potential cyanide-degrading biocatalyst since it was first
described in the fungus Stemphylium loti [21]. In the following years, other CynHs were
obtained from Gloeocercospora sorghi [22], and genus Fusarium [23–25]. However, the CynH
activities produced by the mycelia were mostly low: less than 0.05 U/mg dry weight in
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various fungal pathogens of plants [22] or 1.4 U/mg dry weight in Fusarium solani [24].
Only Fusarium lateritium showed a much higher activity of 102.5 U/mg dry weight [23]
(Table S1). Specific activities typically ranged from 4.6 to 85 U/mg protein in cell-free
extract (CFE) and increased to 128–1109 U/mg protein by purification [22–25] (Table S1).

The presence of a CynH was also suspected in the bacterium Serratia marcescens [26]
after a reaction product corresponding to formamide was found in HPLC. The putative
CynH sequence had a shorter amino acid chain than typical CynHs (326 residues). Similar
proteins are widely distributed in the genus Serratia, other Proteobacteria, or Actinobacteria
according to BLAST searching in the NCBI database [27].

In contrast, there are only a few characterized CynDs. They originate from Bacillus
pumilus, Pseudomonas stutzeri and Alcaligenes xylosoxidans [28] and their homologues seem
to occur only in bacteria.

In the last two decades, several fungal CynHs have been obtained, whose genes are
expressed in Escherichia coli [3,29–33]. The activities of the whole E. coli cells (153–600 U/mg
dry weight) and CFE (736 U/mg protein) [33] were substantially higher in comparison with
the endogenous enzymes, whereas the activities of the purified enzymes from the homolo-
gous and heterologous producers were similar (100–1324 U/mg protein; Table S1) [29,31,33].
Further enhancement of CynH action on fCN may be possible by the specific mutations
recently proposed in silico [34].

However, the extent to which CynHs or CynDs can degrade fCN in different environ-
ments has scarcely been studied. Thus, fCN conversion by four recombinant CynHs was
demonstrated for diluted Ag and Cu electroplating effluents containing 100 mM fCN [3];
it was almost complete in the presence of Ag but less than 70% in the presence of Cu.
Another CynH was used with a spiked cokemaking effluent and degraded, e.g., 10 mM
fCN to almost 100% [4]. In addition, an immobilized whole-cell CynD biocatalyst was used
with diluted gold-mine wastewater and the maximum conversion was 98% starting from
17.6 mM fCN [2].

Recently, we have investigated Basidiomycota as a source of enzymes of the nitrilase
superfamily, which include some putative CynHs [32,35]. The focus of this work is on a
detailed study of one of these CynHs, which originates from the fungus Exidia glandulosa.
The aim of this work was to determine its properties that are important for its future use:
kinetic parameters, pH and temperature profiles, stability, and ability to remove cyanide
under conditions relevant to wastewater treatment. Therefore, the degree of fCN conversion
was studied at typical cyanide concentrations, alkaline pH (necessary to minimize the
escape of highly toxic HCN), and the presence of contaminants accompanying cyanide
in industrial effluents. Further steps toward the use of CynHs in wastewater treatment
are proposed.

2. Results
2.1. Enzyme Preparation and Properties

The sequence of enzyme NitEg was taken from databases (GenBank: KZV92691;
UniProtKB: A0A165HZS1), where this protein was classified as “cyanide hydratase”.
The corresponding gene (nitEg) was synthesized, with codon usage bias optimized for
E. coli (Figure S1).

2.1.1. Enzyme Overproduction

E. coli containing the optimized nitEg gene was grown to an optical density (de-
termined at 600 nm; OD600) of 12.0, which corresponds to approximately 3.6 mg dry
weight/mL. Total whole-cell activity was typically 318 U/mL culture medium (88.4 U/mg
dry weight), as determined by the rate of fCN consumption. Cells from 200 mL of culture
were sonicated to obtain CFE containing 9.3 mg protein/mL (214 mg protein in total)
(Table S2). Analysis of the CFE by SDS-PAGE (Figure S2) revealed the major band to have
an apparent molecular mass of approximately 43.85 kDa, which was essentially consistent
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with the theoretical molecular mass of NitEg carrying a His6-tag (41,800 Da). The CFE had
a specific activity of 280 U/mg as determined by the picric acid method (Table S2).

2.1.2. Enzyme Purification and Activity

NitEg was purified in a single step. The amount of the purified enzyme was typ-
ically 12 mg from 200 mL of culture. The purification yield was 14.4% (Table S2) and
the amount of NitEg accounted for approximately 40% of the total cell protein. Analy-
sis of the purified NitEg by SDS-PAGE showed that the protein contained no significant
impurities (Figure S2).

Formamide was the main product of fCN conversion by the purified enzyme (Figure 2).
The concentration of formamide in the reaction mixture was about 22 mM after complete
elimination of fCN (60 min). It was similar to the concentration of fCN in the control sample
without enzyme after the same time. This suggests that the remainder of fCN (about 3 mM)
was abiotically removed in both the reaction and the control.
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Figure 2. Transformation of 25 mM free cyanide (fCN) to formamide by enzyme NitEg (4.0 µg
protein/mL) in 100 mM glycine/NaOH buffer, pH 9.0. Residual fCN concentration was determined
by picric acid method. The enzyme was omitted from the control.

The specific activities calculated from the rates of fCN consumption and formamide
production were approximately 697 U/mg and 784 U/mg protein, respectively. The kinetic
parameters were calculated from the rates of formamide production (Table 1). The values
of Vmax and kcat were relatively high, but KM was also high. Nevertheless, the kcat/KM
ratio indicates good catalytic efficiency of the enzyme.

Table 1. Specific activity and kinetic parameters of enzyme NitEg.

Activity
Assay

Specific Activity
[U/mg] 1

Vmax
[U/mg] KM [mM] kcat [1/s] kcat/KM

[1/s/mM]

fCN
consumption 697 ± 95 n.d. n.d. n.d. n.d.

Formamide
production 784 ± 32 1335 ± 81 22.2 ± 2.4 927 ± 80 42 ± 10

1 at 25 mM free cyanide (fCN).
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2.1.3. Effect of pH and Temperature

The pH and temperature profiles of NitEg were determined using 2CP as substrate.
This was because 2CP is less sensitive to pH and temperature than fCN. 2CP was generally a
good substrate for the CynHs we previously studied [32,33]. NitEg also showed acceptable
activity for 2CP. The activity was expressed as the sum of the reaction products pyridine-
2-carboxylic acid and pyridine-2-carboxamide (Figure 1B), and was determined to be
approximately 6.6 U/mg. NitEg was most active at 40–45 ◦C (Figure 3A) and exhibited a
broad optimum at pH approximately 6–9 (Figure 3B). Its activity decreased significantly
outside this pH range and at 50 ◦C. The stability of the enzyme was acceptable in a similar
pH range (Figure 3B). 

 

0

20

40

60

80

100

20 25 30 35 40 45 50

Re
la

tiv
e 

ac
tiv

ity
 [%

]

Temperature [°C]

A

0

20

40

60

80

100

3 4 5 6 7 8 9 10 11

Re
la

tiv
e 

ac
tiv

ity
 [%

]

pH

B

Optimum Stability

Figure 3. Effect of (A) temperature on the activity of enzyme NitEg and (B) pH on the activity and
stability of NitEg. 2-Cyanopyridine (25 mM) was used as substrate.

2.1.4. Effect of Silver and Copper

The effect of metal ions (Cu2+, Ag+) prevalent in some electroplating baths [3] on the
activity of NitEg was studied by measuring the rate of fCN consumption at pH 9.0 and
30 ◦C (Table 2). Silver ions decreased the activity by about 1/3 at 0.1–1 mM and by 2/3 at
5 mM. No enzyme activity was detected at 10 mM concentration of silver ions. However, it
should be noted that the concentration of fCN was also decreased in the controls (without
enzyme) in the presence of silver (to about 15.7 mM and 5.7 mM at 5 mM and 10 mM Ag,
respectively), apparently due to complex formation. A strong inhibition effect of Cu was
observed at 5–10 mM.

Table 2. Effect of copper and silver ions on the activity of enzyme NitEg.

Metal Concentration (mM)
Relative Activity [%]

Ag+ Cu2+

- 100 100
0.1 66 ± 5 93 ± 7
1 61 ± 5 68 ± 8
5 31 ± 10 1 14 ± 3
10 n.d. 2 0

1 15.7 mM free cyanide (fCN) in control. 2 5.7 mM fCN in control.

2.1.5. Temperature stability and shelf life

At temperatures selected according to the previous work (27–50 ◦C) [3], the enzyme
was pre-incubated for 24 h and the residual activities were determined using fCN as
substrate. Under these conditions, the stability of the purified NitEg was acceptable at
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27 ◦C or 37 ◦C, with about 60% and 40% of its initial specific activity, respectively, after
24 h. At 43 ◦C, it retained approximately 40% of its initial activity after 3 h, but only 10% of
it after 24 h, and it lost more than 90% of its activity at 50 ◦C after 1 h (Figure 4).
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Figure 4. Temperature stability of enzyme NitEg. The purified enzyme (10.3 mg protein/mL) was
incubated in 50 mM Tris/HCl buffer, pH 8.0, with 150 mM NaCl, at different temperatures without
shaking. Specific activities were determined by the formamide assay.

At 4 ◦C, the specific activity of purified NitEg (10.3 mg protein/mL) showed no
statistically significant loss until day 69. Thereafter, the activity decreased, but was still
almost 83% of the initial value after 98 days (Figure S3).

2.2. Enzyme Performance on Model Mixtures

The performance of purified NitEg was studied using model solutions that were
prepared based on published wastewater analyses (see below). They mimicked the effluents
of various industries in terms of concentrations of fCN and other contaminants, as well
as pH.

2.2.1. Effect of Alkaline Media

First, the performance of NitEg was investigated with fCN at pH 9.0–10.5 (Figure 5).
At pH 9.0, the removal of 25 mM fCN by 4 µg enzyme/mL was almost complete after 1 h.
The abiotic removal accounted for approximately 10% within the same time. Higher pH
resulted in less efficient fCN removal (approximately 89% and 54% at pH 9.5 and 10.0,
respectively) under the same conditions. At pH 10.5, the enzyme was no more active in
removing fCN (Figure 5A).

Increasing the enzyme concentration to 20 µg/mL allowed removal of nearly 25 mM
fCN at pH 9.0 or 9.5 after 30 min and over 80% fCN at pH 10 after 1 h. Some decrease
in fCN concentration was observed even at pH 10.5 (Figure 5B). This suggested that the
enzymatic reaction must proceed quite rapidly to achieve a high degree of fCN removal.
This is probably due to the limited stability of the enzyme under the reaction conditions as
indicated by the pH profile of enzyme stability (Figure 3B).
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Figure 5. Effect of pH on the biocatalyzed degradation of 25 mM free cyanide (fCN) in 100 mM
glycine/NaOH buffer by (A) 4.0 µg enzyme/mL and (B) 20 µg enzyme/mL. Controls were carried
out at (A) pH 9.0 and (B) pH 10.5 without enzyme. Residual fCN concentration was determined by
picric acid method.

2.2.2. Enzyme Performance in the Presence of Phenol and Inorganic Salts

Cokemaking effluents typically contain ≤ 0.6 mM fCN, but occasionally up to 10 mM
fCN. Their common constituents also include phenols, thiocyanate, and ammonia. A
model mixture was prepared according to the reported content [8] of fCN, SCN−, NH4

+

and phenol in cokemaking effluents (Figure 6A). The upper limits of the concentrations
were used, where the fCN concentration was 0.6 mM, and the pH was 9.1. Under these
conditions, almost all of the fCN was degraded with 2.5 µg enzyme/mL after 90 min, with
a negligible degree of abiotic elimination (Figure 6A).
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Figure 6. Biocatalyzed degradation of free cyanide (fCN) by enzyme NitEg in 100 mM glycine/NaOH,
pH 9.1, containing (A) 0.6 mM fCN, 8.6 mM SCN−, 10.7 mM NH4

+ and 12.8 mM phenol (model
coke plant effluent) [8], and (B) 4.6 mM fCN, 23.4 mM S2−, 2.5 mM NH4

+ and 0.64 mM phe-
nol (model petrochemical effluent) [5]. Reactions were also performed in the same buffer with
(A) 0.6 mM fCN or (B) 4.6 mM fCN without other additives. Enzyme concentration was
(A) 2.5 µg/mL, and (B) 5.0 µg/mL. The enzyme was omitted from the controls. Residual fCN
concentration was determined by (A) picric acid method or (B) Spectroquant® kit.

A model petrochemical effluent was also prepared according to the literature [5].
Compared to the previous effluent, this contained almost eight times more fCN but less
phenol or ammonia. It contained no SCN−, but a significant concentration of S2−; its
pH was the same (9.1) (Figure 6B). The presence of S2− (interfering compound [36]) did
not allow the use of the picric acid method to determine fCN. This interference caused
an attenuation of the signal at 0.029 mM (1 ppm) and 0.29 mM H2S by 2.5% and 27.5%,
respectively. In contrast, 2.9 mM and 29 mM H2S increased the signal more than twofold
and twentyfold, respectively [36]. Therefore, the fCN concentration in the model effluent
containing more than 20 mM S2− was monitored using the Spectroquant® kit, which is
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based on a different reagent (1,3-dimethylbarbituric acid). However, according to the
manufacturer, this kit is not suitable for samples containing SCN−.

An enzyme concentration of 5 µg/mL was sufficient to remove approximately 96% fCN
after 45 min. No further decrease in fCN concentration could be detected, which may
have been caused by the background signal generated by one or more components of the
mixture (Figure 6B).

2.2.3. Enzyme Performance in the Presence of Heavy Metal Salts

The fCN-containing effluents from electroplating and precious metal mining contain
heavy metals. The two electroplating wastes used in a previous work [3] contained unde-
fined amounts of Cu or Ag. Another one contained about 30 mM Cu, 83 mM Ni and 0.9 mM
Zn [37]. The fCN concentrations in these effluents can be extremely high (approximately
0.5–2 M) [2,3,37]. The CynD was not sufficiently effective in the original gold-mine effluent
(528 mM fCN) and only removed 43% of the fCN [2]. Therefore, it was necessary to dilute
this solution to 17.6 mM fCN [2] before applying the enzyme. Similarly, the electroplating
wastewater was diluted to 100 mM fCN [3]. This can also cause the metal concentration to
drop to a level tolerated by CynH. The above experiments have shown that NitEg does not
work well at Ag or Cu concentrations of about 5 mM or more (Section 2.1.4).

First, the potential of NitEg to degrade 100 mM fCN was investigated (Figure 7A).
Here, the pH of the model mixture was adjusted to 9.0, at which the stability of the fCN
solutions was higher than at pH 8 used previously [3]. Different amounts of enzyme (14,
20, or 30 µg/mL) eliminated more than 97% from 100 mM fCN within 1 h. However,
more than 2% of fCN remained in the reaction mixture within the monitored period (3 h)
regardless of enzyme loading. The abiotic loss of fCN was about 17%.

The simulated electroplating effluents contained 100 mM fCN and 1 mM AgNO3 or
1 mM CuSO4. The reactions were catalyzed by 14 µg enzyme/mL, which was sufficient to
remove more than 97% fCN in the metal-free medium after 1 h (Figure 7A). The metal ions
slightly decreased the initial reaction rates (Figure 7B), which was consistent with their
effects on NitEg activity (Section 2.1.4). However, the percentage of fCN removal (96–98%)
was similar to that in the absence of both of these metals. A copper concentration of 10 mM
completely inhibited the catalytic process (not shown), which is also consistent with the
results of the inhibition experiments above. The reaction in the presence of 10 mM silver
was not studied because a metal cyanide complex was formed, which reduced the amount
of fCN available to the enzyme (Section 2.1.4).
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Figure 7. Biocatalyzed degradation of 100 mM free cyanide (fCN) in 100 mM glycine/NaOH, pH 9.0,
by (A) 14, 20 or 30 µg enzyme/mL, and (B) 14 µg enzyme/mL in the presence of 1 mM AgNO3 or
1 mM CuSO4. Residual fCN concentration was determined by picric acid method. The enzyme and
the metal salts were omitted from the control.

3. Discussion

The presence of a large number of cynH genes in Ascomycota compared to Basid-
iomycota was previously demonstrated in our database searches [31,32]. The enzyme
NitEg studied in this work is the first purified CynH from Basidiomycota. NitEg has an
amino acid sequence identity of 86.29% (95% coverage) with CynH from Neurospora crassa
(GenBank: XP_960160.2; UniProtKB: Q7RVT0) but NitEg is larger with its 366 amino acid
residues (compared with 351 in N. crassa) (Figure S4). The latter enzyme was previously
purified [3]. In this work, we compare the properties of NitEg and the CynH from N. crassa
as far as the published data allow.

NitEg was produced in E. coli following the general protocol we developed for the
production of nitrilases (EC 3.5.5.1) and the related CynHs [31]. The yield of purification
of NitEg was about 14.4%, which is similar to the yield of CynH from Aspergillus niger
(17%) [33]. However, the purification of NitEg (a one-step protocol) was simpler due to
the presence of the His6-tag. We hypothesize that further optimization of the purification
protocol can improve the yield of NitEg. Nevertheless, the amount of purified NitEg
(approximately 12 mg) obtained from 200 mL of culture was sufficient for the aims of
this work.

The CynH producing fungi F. solani and Fusarium oxysporum were cultivated at
10-L [24] or 45-L [25] scale, respectively. In contrast, heterologous production was per-
formed at a small scale [3,33]. However, a related enzyme, nitrilase, was produced het-
erologously at 300-L scale. The growth medium was optimized and contained lactose as
inducer. Under these conditions, the biomass yield was almost 13 g dry weight/L [38].
Therefore, we assume that a future scale-up of the production process of NitEg is very
feasible using this method. It follows from the comparison of the specific activities of both
enzymes (almost 500-fold higher in the CynH) that, after a suitable scale-up, the CynH
production in the order of 106–107 U/L may be possible.

The use of whole cells of a recombinant organism for wastewater treatment could face
regulatory obstacles, as it might be difficult to exclude cell escape. Enzyme purification
would increase the cost of the catalyst but the use of CFE can be a suitable solution, as CFE
has high specific activity and can be made free of residual whole cells.

Most CynHs are closely related with more than 60% sequence identity, but they differ
in their specific activities (Table S1). It is not entirely clear to what extent these results are
influenced by different experimental conditions. Differences in pH profiles were also found
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between CynHs studied by the same method [3]. The operation of CynHs in alkaline media
is of paramount importance, since similar conditions occur in industrial wastewaters. In
this work, we investigated whether NitEg was able to fully remove fCN from alkaline
media. It was found that this was possible for 25 mM fCN at pH 9–9.5, while more than
80% was still removed at pH 10.0. This was consistent with the pH activity profile of the
enzyme with an optimum at pH approximately 6–9.

Alternative biocatalysts such as CynDs were investigated for the degradation of fCN
in alkaline media [2,28,39,40]. However, even the improved CynDs still lagged behind
CynHs such as NitEg, which had activity greater than 600 U/mg at pH 9.0. Moreover,
at alkaline pH, NitEg remained active long enough to almost completely remove high
concentrations of fCN. Since immobilization of CynD was shown to have a stabilizing
effect under alkaline conditions [2], we hypothesize that it may have a positive effect on
the operation of CynHs as well.

The studies of two CynDs and the CynH from N. crassa showed the importance of
the C-terminus for the thermostability of both types of enzymes [28,40]. The CynH was
more thermostable than CynDs with almost 90% activity after 4 h at 42 ◦C [40], and about
50% activity after 1 day at 43 ◦C [3]. In contrast, the CynHs from G. sorghi and Aspergillus
nidulans retained very low residual activities under the same conditions [3]. The latter
has a very similar sequence to the CynH from A. niger [33]. The CynH from A. niger
was also investigated for stability, but using a different method (1 h preincubation), and
was found to be unstable above 35 ◦C. The stability of NitEg at 43 ◦C was intermediate,
with the enzyme retaining 10% of its initial activity after 1 day. However, significantly
higher residual activities were observed after the same time at 27 or 37 ◦C. The activity and
stability of NitEg decreased sharply at 50 ◦C. Therefore, this enzyme probably cannot be
used under these conditions.

The kinetic parameters Vmax and KM were previously reported for the CynHs from
G. sorghi (His6-tagged) [41] and A. niger (without the tag) [33]. Both Vmax and KM were
very high in these enzymes (Vmax = 4400 U/mg and 6800 U/mg, KM = 90 mM and 109 mM,
respectively). In NitEg, both parameters were lower (Vmax = 1335 U/mg, KM = 22 mM).
Thus, the Vmax/KM ratio (U/mg/mM) was 60 in NitEg and similar in A. niger CynH (62)
but lower in G. sorghi CynH (49). In contrast, KM values were 2.6–7.3 mM in the CynDs,
with Vmax of 88–100 U/mg [41] and Vmax/KM ratio of 14–34 U/mg/mM.

The ability of NitEg to remove low concentrations of fCN did not appear to be
significantly affected by the relatively high KM. No residual fCN was found in the NitEg
catalyzed degradation of 0.6 mM fCN. The reason for the incomplete (but still 96–98%)
conversion of 100 mM fCN was probably the enzyme inactivation.

No entries for kcat or kcat/KM were found for CynHs in the BRENDA database [42].
Here, they were calculated for the CynHs with known Vmax (see above) and subunit
molecular weights, which were similar in all these enzymes (approximately 40–42 kDa).
Thus, the CynHs from G. sorghi and A. niger, and NitEg exhibit kcat (1/s) of approximately
3000, 4500 and 927, respectively, and kcat/KM (1/s/mM) of approximately 33, 41 and 42,
respectively. For the related nitrilases, the kcat/KM (1/s/mM) reported in the BRENDA
database ranged from approximately 0.001 to 205 [42]. The highest value was found for
nitrilase from Pyrococcus sp. for benzonitrile [43], while all other values were lower than
for NitEg.

There are few examples demonstrating the use of CynHs or CynDs in real or simulated
industrial effluents (Table S3). Four CynHs were used to degrade 100 mM fCN in the pres-
ence of Ag or Cu, or their absence [3]. The concentrations of the CynHs were 7–13 µg/mL
in the reaction mixtures with Ag or the control (without metals), but they were increased
10-fold in the mixtures with Cu. The enzymes showed large differences in their reaction
rates. However, complete degradation of fCN was only achieved in buffer, whereas in the
presence of Ag and Cu approximately 90% and 70% of fCN was degraded, respectively. It
is difficult to compare the performance of these enzymes with that of NitEg because the
composition of the electroplating effluents used in the previous work is largely unknown
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(not even the metal content), and the pH of the reaction mixture was lower (about 8) than
for NitEg (9.0).

Nevertheless, it can be stated with some caution that the rapid degradation of 100 mM
fCN in the absence of metals was similar for CynH from N. crassa (best of four CynHs
tested) [3] and NitEg (98–100% conversions after 1–2 h). In contrast, the other enzymes
required 12 to 48 h for similar conversions [3]. In addition, we characterized NitEg with
respect to properties not reported for the N. crassa CynH: kinetic parameters, shelf life,
and fCN conversion in different environments. The properties found for NitEg were
favorable and suggest that this enzyme may be superior in terms of its ability to catalyze
fCN degradation.

The evaluation of NitEg suggests that the enzyme is unlikely to be significantly
inhibited by the major constituents of industrial effluents (phenol, ammonia, sulfide or
thiocyanate). However, cokemaking wastewater, e.g., contains a large number of minor
organic constituents, which can be expressed collectively as chemical oxygen demand
(COD) or biological oxygen demand (BOD) [44]. This is difficult to simulate in model
mixtures. NitEg is also likely to be functional at certain concentrations of heavy metals
(e.g., 1 mM of Ag or Cu). Although electroplating or gold mining wastewaters may contain
higher concentrations of metals, they can be suitably diluted for enzyme action. These types
of effluent are also more complex than the model mixtures, also containing other metals and
metal cyanide complexes. Therefore, the aim of the future research will be the evaluation
of NitEg or other cyanide-degrading biocatalysts in real wastewaters. Importantly, detailed
analysis must be available for these wastewaters to ensure reproducibility, reliability and
comparability of the data but this has rarely been the case in previous studies.

4. Materials and Methods
4.1. Chemicals

Chemicals were obtained from standard suppliers and were of the highest purity:
acetic acid (99%; Lach-ner, Neratovice, Czech Republic), acetonitrile (≥99.95%, HiPerSolv
Chromanorm; VWR International, Radnor, PA, USA), ammonium chloride (≥99%; Lach-
ner), boric acid (≥99.5%; Lach-ner), copper (II) sulphate (≥99%; Lach-ner), 2-cyanopyridine
(99%; Sigma Aldrich, St. Louis, MO, USA), disodium hydrogen phosphate (≥99.6%; Lach-
ner), ferric chloride (98%; Alfa Aesar, Haverhill, MA, USA), formamide (≥99%; VWR),
glycine (≥99%; Reanal, Budapest, Hungary), hydrochloric acid (35%; Lach-ner), hydroxy-
lamine hydrochloride (99%; Alfa Aesar), imidazole (research grade; Serva Electrophore-
sis GmbH, Heidelberg, Germany), isopropyl-β-D-thiogalactopyranoside (IPTG; research
grade; Serva), methanol (100%; VWR), phenol (≥99%; VWR), phenylmethanesulfonyl
fluoride (PMSF; Serva), picric acid (≥98%; Sigma Aldrich), phosphoric acid (≥85%; VWR),
potassium cyanide (≥96%; Sigma Aldrich), potassium thiocyanate (≥99%; Lach-ner),
2-pyridinecarboxamide (98%; Sigma Aldrich), 2-pyridinecarboxylic acid (≥98%; Sigma
Aldrich), silver nitrate (p.a.; Lach-ner), sodium carbonate (≥99%; VWR), sodium chloride
(≥98%; Lach-ner), sodium dihydrogen phosphate (≥99%; Lach-ner), sodium dodecyl sul-
fate (SDS; ≥99%; Carl Roth GmbH + Co. KG, Karlsruhe, Germany), sodium hydroxide
(≥98 %; Lach-ner), sodium sulfide (Alfa Aesar), and tris(hydroxymethyl)aminomethane
(Tris; ≥99%; Merck KGaA, Darmstadt, Germany).

4.2. Strain

The gene encoding protein KZV92691.1 (NitEg) was optimized (Figure S1), synthe-
sized and ligated into vector pET22b(+) by GeneArt (ThermoFisher Scientific, Waltham,
MA, USA). The gene was fused to C-terminal His6-tag coding sequence. The resulting
construct was used to transform E. coli Origami B(DE3) cells (Merck).

4.3. Enzyme Induction and Purification

The transformed cells were grown in 2xYT medium (g/L: Tryptone (ThermoFisher
Scientific) 16, yeast extract (ThermoFisher Scientific) 10, NaCl 5; pH 7.0) at 37 ◦C. After the
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OD600 reached 1.0 mM IPTG was added to a final concentration of 0.02 mM, and cultivation
continued for 20 h at 20 ◦C. Harvested cells were sonicated and NitEg was purified from
the CFE by cobalt ion affinity chromatography on TALON® Metal Affinity Resin (Clontech
Laboratories, Inc., Mountain View, CA, USA) as previously described for nitrilases [35], but
with minor modifications: NitEg was eluted with 20 mM sodium phosphate buffer, pH 7.6,
containing 300 mM NaCl, 0.1mM PMSF and 200 mM imidazole. The enzyme solution
was concentrated using Amicon Ultra-30 K filter (Merck, Millipore, Burlington, MA, USA)
and the buffer was replaced with 50 mM Tris/HCl buffer, pH 8.0, supplemented with
150 mM NaCl.

4.4. Enzyme Assays

The standard activity assay was performed using Eppendorf ThermoMixer Comfort
(Eppendorf, Hamburg, Germany) at 30 ◦C and 850 rpm. Reaction mixtures (0.5 mL)
in 1.5 mL Eppendorf tubes contained 100 mM glycine/NaOH buffer, pH 9.0, and an
appropriate amount of whole cells, CFE, or purified enzyme. After 5 min of pre-incubation,
the reaction was started by adding KCN at a final concentration of 25 mM. After 1–2 min
of incubation, the reaction was stopped by adding 1 mL of methanol. Whole cells were
removed by centrifugation (MiniSpin plus, Eppendorf; 14,500 rpm, 4 min). Centrifugation
was omitted for samples containing CFE or purified enzyme. The residual fCN was
determined spectrophotometrically by the picric acid method [36] with some modifications.
Samples (0.01 mL) were mixed with 0.09 mL of 0.2 M Tris/HCl buffer, pH 8.0, and 0.2 mL
of 0.5% picric acid in 0.25 M Na2CO3, and incubated at 100 ◦C in a water bath for 5 min.
The reaction was stopped by placing the test tube in an ice bath. After addition of 0.7 mL
of distilled water, absorbance was determined at 520 nm against the control prepared in
the same way but without fCN.

Formamide was determined spectrophotometrically [23] with some modifications.
Samples (0.2 mL) were mixed with 0.4 mL of 2.3 M hydroxylamine/3.5 M NaOH (1/1)
and incubated at 60 ◦C for 10 min. After the addition of 0.2 mL of 4 M HCl and 0.2 mL of
1.23 M FeCl3, absorbance was determined at 540 nm against the control prepared in the
same way but without formamide.

One unit of CynH activity was defined as the amount of enzyme that consumed
1 µmol of fCN/min or produced 1 µmol of formamide/min under the above conditions.

Enzyme kinetics was investigated using 2.5–25 mM KCN, and activities were deter-
mined using the formamide assay.

The thermostability of the purified enzyme was studied according to the literature [3]
with some modifications. The enzyme was incubated at 27, 37, 43 or 50 ◦C without shaking,
and its specific activity was determined after 1, 3, 16.5 and 24 h using the formamide assay.
The shelf life of the purified enzyme at 4 ◦C was investigated within 98 days by periodic
determination of its specific activity using the picric acid method.

The activity for 2-cyanopyridine (2CP) was determined analogously as that for fCN
but using 50 mM Tris/HCl buffer, pH 8.0, with 150 mM NaCl, and the reaction was stopped
after 10 min by adding 0.05 mL of 2M HCl per 0.5 mL of sample. The reaction mixtures were
centrifuged and supernatants were used for HPLC analysis. The temperature optimum
was determined at 20–50 ◦C. The pH optimum was determined using Britton–Robinson
(CH3COOH/H3BO3/H3PO4/NaOH) buffers, pH 4.0–10.8, at 30 ◦C. The pH stability was
determined by pre-incubating the enzyme in the same buffers for 2 h at 30 ◦C followed
by determination of the residual activity at pH 8.0 and 30 ◦C. The concentrations of sub-
strate and reaction products (2-pyridinecarboxylic acid and 2-pyridinecarboxamide) were
determined by reversed-phase HPLC (column ACE C8, 5 µm, 250 mm × 4 mm (Advanced
Chromatography Technologies Ltd, Aberdeen, UK); mobile phase 10% acetonitrile in 5 mM
sodium phosphate buffer, pH 7.2, flow rate 0.9 mL/min).
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4.5. General Protocol for the Biocatalyzed Degradation of fCN

Reaction mixtures (1 mL) in 2-mL Eppendorf tubes were incubated in Eppendorf Ther-
moMixer Comfort (30 ◦C, 850 rpm). Simulated effluents were prepared according to pub-
lished data [5,8]. The fCN concentrations were 0.6, 4.6, 25 or 100 mM fCN. Optionally the
reaction mixtures were supplemented with additives (Na2S, KSCN, NH4Cl, phenol, CuSO4,
AgNO3; see Figures 6 and 7 for details). The buffer was 100 mM glycine/NaOH (pH 9.0,
9.5, 10.0, or 10.5). Samples (0.1 mL) were withdrawn at various intervals (5–180 min) and
the reaction was stopped with 0.2 mL methanol. The fCN concentrations were determined
using the picric acid method (Section 4.4) or using the Spectroquant® kit (Merck).

5. Conclusions

In this work, proof-of-concept was provided for the performance of NitEg, a unique
CynH from the Basidiomycota division, in fCN solutions of up to 100 mM concentrations at
alkaline conditions. This CynH was studied as a potential biocatalyst using model mixtures
prepared according to the literature. This ensures that the results obtained are reproducible
and comparable with other biocatalysts used in the same way in the future. However,
further investigation of NitEg or other CyHs in real wastewater will be necessary in the
future, preferably with effluents that have been analyzed in detail. This work has shown
that the enzyme is highly active, resistant to alkaline pH, tolerates high concentrations of
fCN, and other industrial contaminants, and can be stored for extended periods under
standard conditions. The enzyme is formed at high expression levels and its production
is likely to be readily scalable. Immobilization can be useful to increase its robustness
and enable its reuse. Other potential applications of NitEg or CynHs in general could be
cyanide biosensors, some of which have been based on CynDs [45]. Importantly, NitEg is
unique with respect to its origin, as CynHs are rare in Basidiomycota. Therefore, it may
be of interest to study its natural role and potential impact on the interaction between
E. glandulosa and its plant hosts.
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Abstract: In the present study, α-amylase and pullulanase from Clavispora lusitaniae ABS7 isolated
from wheat seeds were studied. The gel filtration and ion-exchange chromatography revealed the
presence of α-amylase and pullulanase activities in the same fraction with yields of 23.88% and 21.11%,
respectively. SDS-PAGE showed a single band (75 kDa), which had both α-amylase (independent of
Ca2+) and pullulanase (a calcium metalloenzyme) activities. The products of the enzymatic reaction
on pullulan were glucose, maltose, and maltotriose, whereas the conversion of starch produced
glucose and maltose. The α-amylase and pullulanase had pH optima at 9 and temperature optima
at 75 and 80 ◦C, respectively. After heat treatment at 100 ◦C for 180 min, the pullulanase retained
42% of its initial activity, while α-amylase maintained only 38.6%. The cations Zn2+, Cu2+, Na+, and
Mn2+ increased the α-amylase activity. Other cations Hg2+, Mg2+, and Ca2+ were stimulators of
pullulanase. Urea and Tween 80 inhibited both enzymes, whereas EDTA only inhibited pullulanase.
In addition, the amylopullulanase retained its activity in the presence of various commercial laundry
detergents. The performance of the alcalothermostable enzyme of Clavispora lusitaniae ABS7 qualified
it for the industrial use, particularly in detergents, since it had demonstrated an excellent stability
and compatibility with the commercial laundry detergents.

Keywords: α-amylase; pullulanase; Clavispora lusitaniae; purification; enzyme characterization

1. Introduction

According to the catalytic reactions, the International Enzymes Commission has
categorized seven classes of enzymes: EC1, oxidoreductases; EC2, transferases; EC3,
hydrolases; EC4, lyases; EC5, isomerases; EC6, ligases; and EC7, translocases [1]. Among
hydrolases, amylases produced by fungi are the most widely used commercial enzymes to
meet the ever-increasing demands of the global enzyme market. They are widely used in
industry and have been of a great interest in the food, detergent, pharmacy, textile, paper,
and bioethanol industries [2–4]. The global industrial enzymes market should increase to
$7.0 billion by 2023 compared to $5.5 billion in 2018 at a compound annual growth rate of
4.9% for the period 2018–2023 [5].

In automatic dishwasher and laundry, detergent formulations are fortified with alka-
line amylases (higher than 8.0) [6,7] to improve the ability of the detergents to remove tough
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stains, making the detergent environmentally friendly [8]. Detergent enzymes represent
one of the largest and most successful applications of modern industrial biotechnology
since they account for about 40% of the total worldwide enzyme production [9].

In the formulation of the enzymatic detergent, amylases are the second enzyme
used after proteases, and about 90% of liquid detergents contain these enzymes [10].
Amylases are usually produced using bacteria such as Bacillus licheniformis and molds such
as Aspergillus oryzae and Aspergillus niger. However, few studies have been done on the
production of these in yeasts.

On an industrial scale, submerged fermentation (SMF) and solid-state fermentation
(SSF) are frequently used for the production of microbial amylases. SMF is used to produce
bio products from a broth medium such as molasses or a liquid medium. This method
provides remarkable humidity, which is crucial for the growth of microorganisms; it allows
easy sterilization, controllable temperature, and pH, etc. [11].

SSF is used for the production of amylases from easily recycled solid wastes (as cheap
substrate) such as wheat bran, potato peels, citrus waste, and paper. This method provides
low humidity, and it requires simple equipment. However, SSF is slower than SMF in the
utilization of substrates by microorganisms [11]. In our work, we used liquid fermentation
because the waste used as the basic medium for the production of amylopullulanase
is whey.

Purification of glycosyl hydrolases such as amylases has been reported in some fungi.
For the purification of amylases, their concentration using precipitation with ammonium
sulfate followed by dialysis or by solvents such as acetone is recommended before chro-
matography. The enzymes were purified using gel filtration chromatography and/or ion
exchange chromatography and then characterized [12–15].

Since the application of amylase is increasing in various industrial areas, the demand
for novel amylases, mainly thermostable amylolytic enzymes, is increasing worldwide
in industry [16]. The advantages of using thermostable amylases in industrial processes
include the low risk of contamination, the cost of external cooling, and high diffusion
rate [17].

In Algeria, in order to improve the economy by reducing the cost of enzymes, it would
be interesting to produce thermostable amylases. In this light, this study describes the
purification, characterization, and potential application in detergent of the amylopullu-
lanase (α-amylase and pullulanase activities) from Clavispora lusitaniae ABS7. To the best of
our knowledge, this study is the first research on the purification and characterization of
amylopullulanase from a yeast strain.

2. Results and Discussion

The yeast strain Clavispora lusitaniae ABS7 has presented a clear lysis zone for both
enzymes. As the inductor, starch was used for the α-amylase activity (YPSA medium) and
pullulan for pullulanase (YPPA medium). In their presence, the amylolytic yeast secretes
α-amylase and pullulanase will diffuse and hydrolyze starch (YPSA medium) (Figure 1A)
and pullulan (YPPA medium) (Figure 1B) to form a clear halo around the colonies [18].

According to Ramachandran et al. [19], out of 150 starch assimilating yeasts in nature,
only a few strains were able to hydrolyze both α-1,4 and α-1,6 linkages carbohydrate
polymers such as Lipomyces kononenkoae and Cryptococcus sp. S-2 [20].

2.1. Purification of Enzymes

Clavispora lusitaniae ABS7 produced α-amylase and pullulanase activities of 346,340 IU
and 325,900 IU, respectively, in the enzymatic extract after lyophilization. The use of
acetone precipitation led to the concentration of protein with an increase in the specific
activity of the α-amylase from 79.97 to 352.41 U/mg and of the pullulanase from 75.25 to
291.33 U/mg with recoveries of 45.79% and 40.23%, respectively (Table 1).
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Table 1. A summary of the purification of the amylolytic enzyme produced by C. lusitaniae ABS7.

Purification
Step

Total Protein
(mg/mL)

Total Activity
(IU)

Specific Activity
IU/mg

Purification
(Fold)

Yield
(%)

Lyophilized Extract 4330.6
α-amylase 346,340 79,975 1 100

Pullulanase 325,900 75.25 1 100

Acetone precipitation 450
α-amylase 158,587 352.41 4.40 45.79

Pullulanase 131,102.5 291.33 3.87 40.23

Sephacryl S 200 75.22
α-amylase 106,122 1410.82 17.64 30.64

Pullulanase 85,386.1 1135.15 15.08 26.2

Sephacryl S-200 gel filtration chromatography allowed an increase of the α-amylase
and pullulanase specific activities of 17 and 15 times, respectively. However, the best
α-amylase activity was found in the second peak (Figure 2).
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The elution in the DEAE cellulose column (Figure 3) showed the existence of three
protein fractions containing the α-amylase activity.
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In addition to the α-amylase activity, the second peak also contains a pullulanase
activity (Figure 3). Table 1 shows that the specific activity of α-amylase and pullulanase
increased 50 and 44 times with recoveries of 23.9% and 21%, respectively. Consequently,
the second peak was the most interesting with a total amylolytic activity that hydrolyses o
α-1,4 and α-1,6 bonds.

2.2. SDS-PAGE Analysis

SDS-PAGE analysis of the purified enzyme showed a single protein band with an
apparent molecular weight of 75 kDa (Figure 4a,b). This indicates that the purified enzyme
is a monomer. Vishnu et al. [21] described a monomeric enzyme of L amylophilus GV6 of
90 kDa corresponding to a pullulanase Type I.
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According to the bibliographies, the molecular mass of the purified amylopullulanase
varies between 74 and 450 kDa [22], and that of pullulanases varies between 54 and
134 kDa [23]. Kar et al. [24] revealed that the purified amylopullulanase produced from
Streptomyces erumpens MTCC 7317 had a molecular mass 45.0 kDa.

The revelation with lugol and Congo red showed that this single band possesses both
α-amylase and pullulanasic activities (Figure 4c,d). The amylolytic enzyme from our yeast
strain Clavispora lusitaniae ABS7 appears to be a bi-functional amylopullulanase enzyme
with two active sites for α-amylase and pullulanase.

It was found that on SDS-PAGE, the alkaline amylopullulanase from Bacillus sp.
KSM-1378, showed a single protein with two different active sites, one to hydrolyze-1,4
bonds and the other to cut α-1,6 bonds [25]. The same results were obtained with the
same enzyme of Clostridium thermohydrosulfuricum, Bacillus circulans F-2, L. amylophilus
GV6, and Thermoanaerobacter ethanolicus [21,26–29], while the study of an alkaline
amylopullulanase from alkalophilic Bacillus sp. KSM-1378 has shown that the two catalytic
activities of the enzyme involve two different active sites [30].

2.3. Thin Layer Chromatography (TLC)

In order to confirm the presence of the two amylolytic enzymes, α-amylase and
pullulanase, as well as their hydrolysis products (derived from starch and pullulan), a TLC
was carried out with the purified enzyme. After incubation with pullulan, the purified
enzyme produced exclusively a mixture of glucose, maltose, and maltotriose identified
by TLC (Figure 5). The enzyme attacked both glycoside α-1,6 and α-1,4 linkages of
pullulan and other branched polysaccharides such as starch to produce glucose and maltose
(Figure 5).
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Figure 5. TLC chromatography and analysis of hydrolyzed products from starch and pullulan.
1—glucose, 2—maltose, 3—maltotriose, 4—the enzyme and starch, and 5—the enzyme and pullulan.

It can be suggested that the enzymatic mechanism of glucose and maltose formation
from pullulan occurs after the hydrolysis of α-1,6 bonds, which gives maltotriose. The
latter will be hydrolyzed to glucose and maltose. The cleavage of α-1,6 bonds of starch
amylopectin gave chains of maltodextrins much longer than those of maltotriose. It is
likely that the maltotriose chains are hydrolyzed faster to produce exclusively glucose and
maltose [22]. On the other hand, the main product from starch is obviously maltose [4].

The electrophoretic profile by SDS-PAGE showed a single band with both α-amylase
and pullulanase activities; this result was also confirmed by TLC. The studied enzyme
was revealed as an endo-type enzyme and thus it is a pullulanase of Type II or amy-
lopullulanase [31,32]. It was found that pullulanase of Bacillus cereus H1.5 cannot attack
dextran, which contains α-1,6 bonds; however, it hydrolyzes pullulan into maltotriose
(the main product) and other polysaccharides such as starch into maltose and glucose.
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Therefore, it can be classified as a Type II pullulanase or amylopullulanase [31]. Leveque
et al. [33] showed that all thermostable pullulanases from thermophilic archaea are of
Type II, whereas no amylopullulanase Type I has been characterized in these thermophilic
microorganisms.

2.4. Physicochemical Parameters of the Studied Enzymes
2.4.1. Effect of Temperature on the Amylopullulanase Activity

The influence of temperature on the activity of alkaline amylopullulanase with pul-
lulan and starch as substrates was determined by measuring the activity at different
temperatures from 40 to 100 ◦C at pH 9.

The activity of the enzymes highly depends on the temperature (highly significant
difference with F = 6 (p < 0.001) for the amylase and F = 10.3 (p = 0.000) for the pullulanase).
The pullulanase and α-amylase activities of the studied yeast strain C. lusitaniae ABS7
exhibited optimum temperatures of 80 and 75 ◦C, respectively (Figure 6). De Souza and
Magalhães [4] found that, among the ten species of yeasts and molds studied, none showed
an optimum enzymatic activity up to 75 ◦C.
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Figure 6. Effect of temperature on the (a) α-amylase and (b) pullulanase activities.

Moreover, the study of Nakamura et al. [34] revealed that C. lusitaniae produced a
phytase with an optimum temperature of 70 ◦C.

The temperature for optimal α-amylase activity was 70 ◦C for Lipomyces kononenkoae [35],
40 ◦C for Schwanniomyces alluvius [36], 50 ◦C for Cryptococcus flavus [37], and 55 ◦C for
Sporidiobolus pararoseus PH-Gra1 [38]. The optimum temperatures of the purified α-amylase
from Bacillus substilis, B. licheniformis AI20, and Haloarcula sp. were found to be 45, 60–80,
and 35–40 ◦C, respectively [39,40].

A previous work [41] reported the optimal temperature and pH of amylopullulanase
from Streptococcus infantarius ssp. as 37 ◦C and 6.8, respectively.

The temperature optima for both pullulanase and amylase activities from Thermoanaer-
obacter strain B6A was 75 ◦C [42]. The Pullulanase Type II from Bacillus cereus H1.5 [31] and
from Thermococcus hydrothermalis [43] showed optimal activity at 55 and 105 ◦C, respectively.
The optimum temperatures for the pullulanase action from Aerobacter aerogenes [44] and
from alkalophilic Bacillus sp. S-1 [45] were 50 and 60 ◦C, respectively.
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2.4.2. Effect of pH on α-Amylase and Pullulanase Activities

Analysis of the experimental results of the two activities by the (ANOVA) method
reveals that the pH considerably affects the α-amylase activity (F = 63.2 (p = 0.000)) and
the pullulanase activity (F = 60 (p = 0.001)). The alpha amylase and the pullulanase of the
yeast Clavispora lusitaniae ABS7 presented a wide range of activity from pH 5 to 12, with an
optimum pH of 9 (Figure 7). Beyond this pH value, a decline in activities is observed.
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Figure 7. Effect of pH on the α-amylase activity (a) and pullulanase (b).

Different studies found the optimum pH of 5 to 6; 5 is very common for bacterial pullu-
lanase such as Exiguobacterium acetylicum, Thermoanaerobacter strain B6A, Pyrococcus furiosus,
Pyrococcus woesei, and Thermococcus strain TY [46,47]. Furthermore, Kim et al. [45], described
a Type I pullulanase of a mesophilic and alkalophilic bacteria Bacillus sp. S-1 with an opti-
mum pH range from 8 to 10. Additionally, Asha et al. [48] showed that the optimum pH of
the purified alkaline pullulanase isolated from Bacillus halodurans was found to be 10.

Microbial thermostable amylases have the optimum pH ranging from 5 to 10.5 [49].
The extracellular amylase from the yeast Schwanniomyces alluvius had an optimum pH
of 6.3 [36]. The amylase from Lipomyces kononenkoae was monomeric, with an optimum
pH of 4.5 to 5.0 [35]. The amylase activity of Cryptococcus flavus was optimal at pH 5.5 [37]
and that of Sporidiobolus pararoseus PH-Gra1 at pH 6.5 [38]. The optimal pH of the pu-
rified amylases from Bacillus substilis [39], B. licheniformis AI20 [40], and Streptomyces sp.
Al-Dhabi-46 [15] was found to be 6.0, 6–7.5, and 8, respectively.

The Talaromyces pinophilus α-amylase (TpAA) was most active at pH 4.0–5.0 [50] and
the maximum activity of α-amylase from Trichoderma harzianum against soluble starch was
determined at pH 4.5 and 40 ◦C [51].

2.4.3. Study of Thermal Stability of α-Amylase and Pullulanase Activities

The thermal stability of the enzyme was studied after incubation at different tempera-
tures (75 and 100 ◦C for amylase and 80 and 100 ◦C for pullulanase) for 30–180 min at pH 9
for both activities.

The results show that the α-amylase maintained 51.76% of its initial activity after
120 min of incubation at 100 ◦C and 88% after 3 h at 75 ◦C. However, a decrease of about
61.4% of its activity after 180 min of incubation at 100 ◦C was registered (Figure 8).
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Figure 8. Stability of the α-amylase (a) and pullulanase (b) activities of the purified enzyme.

For pullulanase activity, the enzyme kept 53.4% and 42% of its initial activity after
incubation at 100 ◦C for 120 and 180 min, respectively. In addition, the enzyme maintained
91% of its activity after 180 min of incubation at 80 ◦C.

From the above analysis, it can be revealed that the α-amylase and pullulanase
activities retain more than 50% of their initial activities after heat-treatments at 75 and
85 ◦C for 2 h, respectively.

In fact, the amylase resistance to thermal denaturation can be explained by the pres-
ence of calcium in the medium, which stabilizes the enzyme and increases its activity [48,52].
The substrate also has a stabilizing effect on the enzyme [53]. The thermostability of the
studied α-amylase and pullulanase is also due to the presence of certain groups of amino
acids and their sequence (Cyst, Tyr, Ser, Glu, Asp, Arg, Lys, and Leu) [53]. Declerck
et al. [54] revealed that the amylases tend to adjust their conformational flexibility to
achieve optimal catalytic efficiency in the temperature range that are supposedly functional.
The thermophilic proteins are generally more rigid than psychrophilic proteins and more
flexible than their mesophilic homologous [55].

Protein molecules do not have a fixed structure; nevertheless, they exhibit a dy-
namic character with a conformational flexibility [56]. Several studies [57] performed on
mesophilic and thermophilic proteins suggested that sufficient molecular flexibility (via
atomic movements) exists to facilitate the conformational changes, necessary for enzymatic
activity (for example, fixing and releasing the substrate, etc.).

2.5. Effect of Different Salts and Chemical Reagents on the α-Amylase and Pullulanase Activities of
C. lusitaniae ABS7
2.5.1. Effect of Salts

The effect of various metal ions on the α-amylase and pullulanase activities is shown in
Figure 9. ANOVA of the experimental results shows that the α-amylase and the pullulanase
are affected by salts (F = 288.62 (p = 0.000) and F = 408.89 (p = 0.000), respectively). The
pullulanase activity of C. lusitaniae ABS7 was decreased by Zn2+, Mn2+, and Na+, while
that of α-amylase was increased by 25.62%, 20.28%, and 39.73%, respectively. The results
indicated that Fe2+ inhibited the activity of both enzymes with a decrease of 20%, 19%
for α-amylase and 20.46% for pullulanase. On the other hand, the Cu2+ ions stimulated
the α-amylase activity and slightly inhibited the pullulanase activity (3.62%). In addition,
the α-amylase activity was slightly decreased by Mg2+ (0.6%) and Ca2+ and Hg2+ (11.17%),
while these ions stimulated the pullulanase activity.

142



Catalysts 2021, 11, 1438

Catalysts 2021, 11, x FOR PEER REVIEW 9 of 19 
 

 

2.5. Effect of Different Salts and Chemical Reagents on the α-Amylase and Pullulanase Activities 
of C. lusitaniae ABS7 
2.5.1. Effect of Salts 

The effect of various metal ions on the α-amylase and pullulanase activities is shown 
in Figure 9. ANOVA of the experimental results shows that the α-amylase and the pullu-
lanase are affected by salts (F = 288.62 (p = 0.000) and F = 408.89 (p = 0.000), respectively). 
The pullulanase activity of C. lusitaniae ABS7 was decreased by Zn2+, Mn2+, and Na+, while 
that of α-amylase was increased by 25.62%, 20.28%, and 39.73%, respectively. The results 
indicated that Fe2+ inhibited the activity of both enzymes with a decrease of 20%, 19% for 
α-amylase and 20.46% for pullulanase. On the other hand, the Cu2+ ions stimulated the α-
amylase activity and slightly inhibited the pullulanase activity (3.62%). In addition, the α-
amylase activity was slightly decreased by Mg2+ (0.6%) and Ca2+ and Hg2+ (11.17%), while 
these ions stimulated the pullulanase activity. 

 
Figure 9. Effect of salts on α-amylase and pullulanase activities. 

Asha and al. [48] showed that Cu2+, Zn2+, Mn2+ caused a decrease in alkaline pullula-
nase activity of Bacillus halodurans, while Ca2+ had a stimulating effect on the enzyme. 
Thus, Ca2+ might be required for stabilization and maintenance of the enzyme confor-
mation. Mrudula et al. [32] have shown that 5 mM of Mg2+, Ca2+, Cu2+, Fe3+, Zn2+, Hg2+, Cd2+, 
and Li2+ ions inhibit both the α-amylase and pullulanase activities of Clostridium thermo-
sulfurogenes SVM17. The results of Qiao et al. [46] indicate that the activity of the Exigu-
obacterium acetylicum pullulanase increases in the presence of Fe2+ and Mn2+ and decreases 
in the presence of Cu2+. 

It has been revealed that calcium ions increase the amylase activity [31,33,58] and 
maintain the initial activity of α-amylase of the yeast Cryptococcus flavus [59] and Crypto-
coccus sp. S-2 [20]. The thermal stability of Streptomyces avermitilis α-amylase [60] and Ba-
cillus cereus H1.5 pullulanase [31] is increased by calcium ions because they render the 
protein molecule more rigid. In addition, the calcium-stabilizing effect on the thermosta-
bility of the enzyme can be explained by the release of hydrophobic residues in the protein 
[58]. 

Vishnu et al. [21] showed a 2.5 mM CaCl2 increase the α-amylase and pullulanase 
activities of Lactobacillus amylophilus GV6, whereas at 5 mM, it becomes an inhibitor of 
both enzymes. 

0

20

40

60

80

100

120

140

Contrôle FeCl3 ZnSO4 HgCl2 CuSO4 MgCl2 CaCl2 NaCl MnCl2

Re
si

du
al

 a
ct

iv
ity

 (%
)

Salts

alpha amylase

Pullulanase

Figure 9. Effect of salts on α-amylase and pullulanase activities.

Asha and al. [48] showed that Cu2+, Zn2+, Mn2+ caused a decrease in alkaline pullu-
lanase activity of Bacillus halodurans, while Ca2+ had a stimulating effect on the enzyme.
Thus, Ca2+ might be required for stabilization and maintenance of the enzyme conforma-
tion. Mrudula et al. [32] have shown that 5 mM of Mg2+, Ca2+, Cu2+, Fe3+, Zn2+, Hg2+,
Cd2+, and Li2+ ions inhibit both the α-amylase and pullulanase activities of Clostridium
thermosulfurogenes SVM17. The results of Qiao et al. [46] indicate that the activity of the
Exiguobacterium acetylicum pullulanase increases in the presence of Fe2+ and Mn2+ and
decreases in the presence of Cu2+.

It has been revealed that calcium ions increase the amylase activity [31,33,58] and maintain
the initial activity of α-amylase of the yeast Cryptococcus flavus [59] and Cryptococcus sp. S-2 [20].
The thermal stability of Streptomyces avermitilis α-amylase [60] and Bacillus cereus H1.5
pullulanase [31] is increased by calcium ions because they render the protein molecule
more rigid. In addition, the calcium-stabilizing effect on the thermostability of the enzyme
can be explained by the release of hydrophobic residues in the protein [58].

Vishnu et al. [21] showed a 2.5 mM CaCl2 increase the α-amylase and pullulanase
activities of Lactobacillus amylophilus GV6, whereas at 5 mM, it becomes an inhibitor of both
enzymes.

The moderate inhibition of α-amylase and pullulanase by these ions was observed
in other studies on α-amylase from several bacteria species such as Bacillus sp. LI711 [61],
as well as the pullulanase of B. stearothermophilus KP1064 [62].

Lin et al. [17] explain that the inhibitory effect caused by Hg2+ and Cu2+ ions on the
Bacillus sp. TS23 α-amylase activity may be due to the competition between the exogenous
cations and the cations associated with the proteins, leading to a decrease in activity. The
differential behavior of the activities of α-amylase and pullulanase regarding certain metal
ions (such as Ca2+, Hg2+, and Mg2+) may be due to the presence of two different active
sites, one for the α-amylase and the other for the pullulanase [63]. Compared to the control,
the effect of divalent ions on amylolytic activity showed that the presence of Mg2+ increased
amylolytic activity by 146%, while Mn2+, Fe3+, Ca2+, and Na+ increased amylolytic activity
to 141%, 116%, 112%, and 111%, respectively [41]. It is known that most amylases are
considered metalloenzymes, which are enzymes that require metal ions (usually Ca2+) to
maintain their stable native structure. However, there are metal-activated amylases that
require Ca2+ only during catalytic activity as well as Ca2+-independent amylases [64].

Some extracellular amylases are not activated by Ca2+ [65]; others are activated and
stabilized by other divalent metal ions such as B. licheniformis 2618 amylase, which requires
Mg2+ [66]. With the exception of Hg2+, which partially inhibited the L. amylophilus NRRL
B-4437 and L. amylovorus ATCC 33,620 α-amylase, various metal ions, such as 1 mM
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Ca2+, Cu2+, and Ba2+, stimulated the L. amylophilus amylase activity while they inhibited
the L. amylovorus α-amylase activity [67]. The activity of α-amylase from Thermomyces
lanuginosus F1 increased in the presence of Mn2+, Co2+, Ca2+, Zn2+, and Fe2+ [68].

2.5.2. Influence of Different Chemical Reagents

The influence of different chemical reagents on the α-amylase and pullulanase activi-
ties was also studied (Figure 10). The effect of those chemical reagents on the two activities
is very significant, F = 1089.63 (p = 0.000) for the amylase and F = 259.98 (p = 0.0001) for the
pullulanase. It was noticed that the inhibitory effect of the urea is more important on the
α-amylase than on pullulanase activities. In contrast to that of tween 80, it is less strong on
α-amylase than on pullulanase. The absence of inhibition of α-amylase by EDTA, a strong
chelating agent of metal, suggested that the isolated enzyme could not be a metalloenzyme.
The presence of CaCl2 has no effect on the α-amylase activity (Figure 9). It allows con-
cluding that Ca2+ ions are not necessary for the activity of this α-amylase and probably
important for its stability and the maintenance of its conformation.
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In contrast, EDTA inhibits pullulanase activity, with a 35% loss of its residual activity.
This result indicates that the pullulanase is a metalloenzyme and the activity is CaCl2
dependent. This is due to the presence of calcium ions, which increases the activity
(Figure 9). Iefuji et al. [20] reported the null effect of EDTA on the yeast α-amylase in the
yeast Cryptococcus sp. S-2. It appears that SDS and mercaptoethanol inhibit both amylase
and pulllanasic activities from Clavispora lusitaniae ABS7.

Arabaci and Arikan [69] found that EDTA has no effect on the amylopullulanase of
Geobacillus thermoleovorans NPI, while 5% marcaptoethanol inhibits it. The study of Ara
et al. [25] showed that SDS inhibits the amylase activity of Bacillus sp. KSM-1378. The
inhibitory effect of urea, guanidine-HCl, and disodium EDTA on α-amylase was also
revealed in Thermomyces lanuginosus F1 [68].

2.6. Compatibility Test with Various Commercial Laundry Detergents

The α-amylase and pullulanase activities of C. lusitaniae ABS7 show significant com-
patibility with all detergents in commercial detergents (Figure 11). A highly significant
difference with F = 277.10 (p = 0.000) for the α-amylase and F= 258.41 (p = 0.000) for the
pullulanase was noted.
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Figure 11. Stability and compatibility of α-amylase and pullulanase activities of Clavispora lusitaniae ABS7.

The amylases are used in the detergents to degrade the residues of foods such as
potatoes, chocolate, etc., to dextrins and other smaller oligosaccharides. The suitability of
any hydrolytic enzymes for inclusion in detergent formulation depends on its stability and
compatibility with detergent ingredients. In the presence of commercial detergents such as
Chat, Ariel, Test, Omo, and Isis, the alkaline α-amylase maintained 130%, 97%, 115%, 75%,
and 98%, respectively, of its initial activity. Similarly, the alkaline pullulanase preserved
125%, 94%, 104%, 72%, and 90% of its initial activity.

The α-amylase activity was at a maximum with the laundry detergent chat at 45 ◦C.
The stability of any enzyme in detergent formulations mainly depends on different compo-
nents, such as surfactants, bleaching agents, and stabilizers used in the detergent formu-
lations [70]. Consequently, partial loss of α-amylase activity in certain detergents can be
attributed to the inhibitory effect of one or several components of these detergents.

On the other hand, some components of the detergent may have a stimulatory effect on
α-amylase and pullulanase of C. lusitaniae ABS7 [70] (increase in enzymatic activity in the
presence of detergent compared to that of the control without detergent). The observation
for other hydrolytic enzymes in the presence of detergent components has already been
reported [70].

2.7. Wash Performance Analysis

Stain removal ability to the purified alkaline amylopullulanase was evaluated by
using chocolate and jam stained on cotton tissues. Figure 12 shows that treatment of
the chocolate–jam stains by detergent (Chat) supplemented with the purified alkaline
amylopullulanase resulted in a perfect elimination of stains from cotton fabrics compared
to stain removal by detergent or enzyme alone.

Finally, the results of this study show that the studied amylopullulanase presented an
excellent stability and a significant compatibility with the commercial laundry detergents
at 45 ◦C (usually used for washing). This is favorable for its inclusion in the formulations
for automatic dishwashers and laundries. In this light, the Clavispora lusitaniae ABS7
can be exploited industrially as a microbial cell factory for high-level alkalothermostable
amylopullulanase, which could possibly represent a potential alternative to the use of other
detergent enzymes that are not able to work properly in an alkaline environment.
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3. Materials and Methods
3.1. Yeast

Yeast strain ABS7 was isolated at the Microbiological Engineering and Applica-
tions Laboratory, Mentouri University, Constantine, Algeria, from wheat grains (Triticum
turgidum var. Durum) cultivated and stored in an arid region (Biskra, Algerian Sahara). The
yeast was identified as Clavispora lusitaniae ABS7 by Microbiology and Molecular Genetics
Laboratory at INRA–CNRS, Thiverval-Grignon, France. The yeast was maintained on
YPGA agar slants comprised of yeast extract 1%, glucose 2%, peptone 1%, and agar 1.5%.
Cultures were maintained at 30 ◦C for 24 h and then stored at 4 or −80 ◦C in Cryo-Beads.

3.1.1. Ability of Yeasts to Produce Amylolytic Enzymes

The ability of Clavispora lusitaniae ABS7 to produce alpha-amylase and pullulanase was
obtained by the agar diffusion method (plate–test–agar). This method is a semi-quantitative
method, which is described as follows: In Petri dishes containing 40 mL of YPSA (for
amylase) and YPPA (for pullulanase) medium containing 0.05% chloramphenicol (to avoid
any contamination), a well 6 mm in diameter is hollowed out using the inverted end of the
Pasteur pipette, and 60 µL of the yeast suspension is placed therein. After incubation at
40 ◦C for 48 h, the hydrolysis zones are revealed after the addition of 10 mL of Lugol, which
gives a transparent zone compared to the blue zones containing unhydrolyzed starch. For
the pullulanase activity, 10 mL of Congo red 1% is added. After 15 min, successive rinses
with NaCl (1N) are carried out to remove the excess dye, until a transparent zone appears;
areas containing unhydrolyzed pullulan are shown in red (18). The composition of YPPA
is as follows: yeast extract 1%, pullulan 2%, peptone 1%, and agar 1.5% and that of YPSA is
yeast extract 1%, starch 2%, peptone 1%, and agar 1.5%

3.1.2. Study of the Inoculum

For preparation of the inoculum, 40 mL of YPGA medium was poured into 250 mL
Erlens Meyers and inoculated with a pure strain of Clavispora lusitaniae ABS7. After
incubation for 48 h at 40 ◦C, 50 mL of sterile distilled water was added, and the cell
suspension was obtained by manual stirring.

The cell count was performed by direct counting using a Thoma cell (0.1 mm, 1/400 mm2).
An inoculum of 2.5 × 106 cells/mL was used.

3.2. Culture Media
3.2.1. Base Medium

The culture medium used is based on whey at pH 4.46, obtained from the manufacture
of cheeses. Whey contains the soluble components of milk: lactose, proteins, mineral salts,
and traces of fat [53].
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The one that is used in our work is supplied by the dairy of the Rkima brothers,
industrial zone Palma, Constantine. It is stored at 4 ◦C for a short period of 24–48 h or at
−20 ◦C for a longer period.

3.2.2. Whey Processing

The whey was filtered through the gauze to remove impurities. Before use, the whey
underwent a thermocoagulation treatment under the combined action of pH (adjusted to 4.6)
and temperature at 100 ◦C for 30 min in order to precipitate the caseins, which will was
then removed by centrifugation at 4000× g for 15 min (or by filtration). The supernatant or
the filtrate (100% without dilution) constituted the base medium and was used to prepare
the culture medium [71].

3.3. Production of α-Amylase and Pullulanase in Fermenter

In a Fermenter 2 L (Sartorius, Dourdan, France), C. lusitaniae ABS7 was cultured in an
optimized whey-based medium. Different substances were added to the basal medium,
such as starch: 3.34 g/L, yeast extract: 0.429 g/L, salt solution (KH2PO4: 850 mg/L,
K2HPO4: 150 mg/L, MgSO4, 7H2O: 500 mg/L and CaCl2 6H2O: 100 mg/L): 9.5 mL/L,
and trace elements solution (CuSO4, 5H2O: 40 µg/L, KI: 100 µg/L, FeCl3, 6H2O: 200 µg/L
and MnSO4, 4H2O: 400 µg/L): 4.65 mL/L. The incubation was carried out at 54 ◦C for 40 h
with stirring at 135 rpm [72].

3.4. Enzyme Activity and Protein Concentration Assays

The extracellular α-amylase and pullulanase activities were measured by incubating
0.5 mL of an appropriately diluted enzyme sample with 0.5 mL of 1% (w/v) starch solution
or pullulan solution in Tris HCl buffer pH 7, 8 at 40 ◦C for 30 min, respectively. The reaction
was stopped using 3,5-dinitrosalicylic acid. One unit of α-amylase or pullulanase activity
was defined as the amount of enzyme that produced reducing sugar equivalent to 1 µmoles
of maltose/min [73]. Protein concentration was measured using the method of Lowry [74]
using the bovine serum albumin as standard.

3.5. Purification of the Enzyme

After 28 h of incubation, the cells were removed by centrifugation at 8000× g for
30 min at 4 ◦C. The supernatant was lyophilized. The lyophilizate was re-dissolved in
0.2 M Tris HCl pH 8 buffer and was used as the enzyme source.

3.5.1. Protein Precipitation with Acetone

The cell-free extract from fermentation broth was partially purified by the acetone
precipitation method [48]. Four times, the volume of chilled acetone was added to the
extract, and it was left to precipitate overnight at −20 ◦C. A pellet was obtained by
centrifugation at 10.000 rpm for 10 min. The pellet was dissolved in a minimum quantity
of 0.2 M Tris HCl buffer (pH 8). Acetone precipitated sample was redissolved in the same
buffer.

3.5.2. Sephacryl S200 Chromatography

A total of 2.7 mL of the enzyme preparation was applied to the Sephacryl S200 (Fisher,
Illkirch-Graffenstaden, France) column (1 m × 1.6 cm), equilibrated with 0.2 M Tris HCl
buffer (pH 8). The elution was carried out with the same buffer, at a flow rate of 0.5 mL/min.
Fractions of 2 mL were collected. On each collected fraction, the optical density at 280 nm
and the α-amylase and pullulanase activities were measured. The active fractions were
pooled and concentrated.

3.5.3. Ion Exchange Chromatography

One mL of the concentrated enzyme was applied directly to DEAE cellulose (Sigma-
Aldrich, St. Quentin Fallavier, France), a column (10 × 1 cm) previously equilibrated with
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Tris HCl buffer 0.2 M (pH 8). After washing through all unbound protein, the enzyme was
eluted using the same buffer containing 1.5 M NaCl at a flow rate of 0.5 mL/min. Elution
is performed with a gradient of in 0.2 M Tris HCl buffer at pH 8. Fractions of 2 mL were
collected at a flow rate of 0.5 mL/min. The active fractions were pooled and concentrated
with a 10 kDa membrane cut-off.

3.6. Electrophoresis SDS PAGE

The molecular weight of the pure protein was estimated by SDS-PAGE on 10% homo-
geneous polyacrylamide gel [75].

3.7. Thin Layer Chromatography (TLC)

The purified enzyme was incubated at 40 ◦C with 1% pullulan or starch. Samples
were withdrawn after 6 h and, subjected to thin-layer chromatography (TLC aluminum
sheets silica gel 60 F254) (Merck, Darmstadt, Germany). Each sample was analyzed using
butanol/acetic acid/water (3:1:1, v/v/v) as the solvent system and methanol/sulfuric
acid (1:1, v/v) as developing reagents. Glucose, maltose, and maltotriose were used as
standards.

3.8. Enzyme Characterization
3.8.1. Effect of Temperature on Amylase Activity

The optimal temperature for the activity of the enzyme was determined at tempera-
tures of 20 to 100 ◦C with an increment of 5 ◦C [76].

3.8.2. Effects of pH on Amylase Activity

The effect of pH on the enzyme activity was determined by incubating the purified
enzyme between pH 5 and 12 using the standard assay condition. The buffers used
were 0.5 M citrate-Na2HPO4 buffer (pH 5), 0.02 M phosphate buffer (pH 6–8), and 0.1 M
glycine-NaOH buffer (pH 8.5–12) [31].

3.8.3. Thermostability

Temperature stability of the α-amylase activity was tested by pre-incubating the
enzyme at 75 and 100 ◦C and that of the pullulanase at 80 and 100 ◦C at various times
ranging from 0 to 180 min.

The enzyme solution was distributed using the same volume in separate tubes, which
were heated together in a water bath at a carefully controlled temperature. The different
samples were removed one after the other at predetermined times and instantly cooled
in an ice bath. After each heat treatment, the α-amylase and pullulanase activities were
measured [76].

3.9. Effect of Metals Ions and Chelating Agent

The effect of metal ions on the α-amylase and pullulanase activities was determined
by adding 5 mM of different ions to the standard assay. The used metals were FeCl3,
the ZnSO4, HgCl2, CuSO4, MgCl2, CaCl2, NaCl, and MnCl2. Each metal ion was separately
incubated with alkaline amylopullulase at 60 ◦C for 30 min in 0.2 M Tris HCl buffer (pH 8)
and then the α-amylase and pullulanase activities were measured. The activity of the
enzyme alone in the same buffer and pH was taken to be 100%.

Moreover, other chemical substances are tested such as EDTA at 2 mM, urea (2 M),
SDS at 1% (w/v), β-marcaptoéthanol (1%), and Tween 80 (1%) on both enzymatic activities.
The enzymatic activities were determined by pre-incubating the enzyme in the presence of
each reagent at 40 ◦C at pH 8.

3.10. Compatibility Test with Various Commercial Laundry Detergents

To confirm the potential of alkaline amylopullulanase from C. lusitaniae ABS7 as
a laundry detergent additive, we tested its compatibility and stability towards some

148



Catalysts 2021, 11, 1438

commercial laundry detergents available in the local market, such as Ariel, Cat, Test,
Omo, and Isis. Before the enzyme stability test, the detergent solutions (7 mg/mL) were
preheated to 100 ◦C for 60–90 min to destroy the endogenous enzyme activity [77]. Then,
the detergent and enzyme were mixed in a ratio of 1:1 (v/v) and incubated at 45 ◦C for
1 h, and the residual activity was determined. The enzyme activity of a control (without
detergent), incubated under the similar conditions, was taken as 100% [77].

3.11. Analysis of the Wash Performance

To determine the effectiveness of purified alkaline amylopullulanase for its use as a
bio-detergent additive, wash performance was evaluated by determining the ability of the
enzyme to remove the chocolate stain on cotton fabrics. The chocolate was heated to 70 ◦C
and was used with jam as an application on clean cotton fabrics (7 × 7 cm) dried overnight
in a hot air oven [77].

To test the wash performance, every piece of the dirty clothes was dipped in Erlen-
meyer flasks containing:

(A) 25 mL of tap water (control).
(B) 20 mL of tap water and 5.0 mL of the purified alkaline amylopullulanase (500 U/mL).
(C) 20 mL of tap water and 5.0 mL of heated detergent (7 mg/mL).
(D) 20 mL of tap water and 5.0 mL of heated detergent (7 mg/mL), containing 500 U/mL

of the purified alkaline enzyme.

All flasks were incubated at 37 ◦C for 60 min stirring 200 rpm. After incubation,
the tissue pieces are removed, rinsed with water, and dried [77,78].

4. Conclusions

This study allowed us to isolate an amylolytic yeast Clavispora lusitaniae ABS, which
possesses both α-amylase and pullulanase extracellular activities. This property thus
provides it with the ability to hydrolyze the α-1,4 and α-1,6 glycosidic bonds of polysac-
charides. These two activities are probably localized in two distinct active sites of a Type II
amylopullulanase with saccharifying power. Pullulanase is a calcium-dependent metal-
loenzyme. The activity of α-amylase is independent of calcium, although it is essential for
its stability and for the maintenance of the structure of the enzyme.

Clavispora lusitaniae ABS7, isolated from wheat grains from an arid Saharan zone, is
thermophilic and alkalophilic and produces enzymes that are thermostable and active in
an alkaline environment. The properties of the amylopullulanase of Clavispora lusitaniae
ABS7 designate it for industrial application, more particularly in the field of the “starch”
and detergent industries. Studies of its compatibility with various commercial laundry
detergents have shown that it offers excellent stability and compatibility with commercial
detergents. The amylopullulanase from Clavispora lusitaniae ABS was better-suited to
different industrial processes such as starch and laundry detergent industries.
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Abstract: In the bacterial enzyme-induced calcite precipitation (BEICP) technique for biocementation,
the spatial distribution of adsorbed and catalytically active urease dictates the location where calcium
carbonate precipitation and resulting cementation will occur. This study investigated the relationships
between the amount of urease and total bacterial proteins adsorbed, the retained enzymatic activity
of adsorbed urease, and the overall loss of activity upon adsorption, and how these relationships
are influenced by changes in soil surface chemistry. In soils with hydrophobic contents higher than
20% (w/w) ratio, urease was preferentially adsorbed compared to the total amount of proteins present
in the crude bacterial protein extract. Conversely, adsorption of urease onto silica sand and soil
mixtures, including iron-coated sand, was much lower compared to the total proteins. Higher levels
of urease activity were retained in hydrophobic-containing samples, with urease activity decreasing
with lower hydrophobic content. These observations suggest that the surface manipulation of soils,
such as treatments to add hydrophobicity to soil surfaces, can potentially be used to increase the
activity of adsorbed urease to improve biocementation outcomes.

Keywords: adsorption of protein mixtures; BEICP; EICP; MICP; hydrophobic soils; Sporosarcina pasteurii

1. Introduction

Biocementation is a sustainable engineering technique that has received significant
attention as an environmentally friendly alternative to chemical stabilization methods
for soils [1–5]. Chemical stabilization poses significant harm to the environment, mainly
because it utilizes materials that are major contributors to greenhouse gas emissions, such
as cement, fly ash, lime, and the leaching of toxic contaminants into the environment [5–8].
Instead, biocementation is based on the generation of calcium carbonate precipitates from
urea hydrolysis, a chemical reaction that is only feasible when catalyzed by the urease
enzyme [9]. Biocementation methods consist of an injection of a mixture containing urea,
calcium, and the catalyst urease into the soil. Urease can be added in the form of whole
bacterial cells, crude extracts, or purified proteins. The generated calcium carbonate
deposits between the soil grains bridge them like a cement, which then leads to a stronger
soil matrix [10].

Biocementation via the enzyme-induced calcite precipitation (EICP) technique uses
purified urease enzymes, mostly from the jack bean plant, and it has proven to be an
effective technique to increase soil strength [11–14]. However, enzyme extraction from
plants is a resource-intensive and time-consuming process; protein purification can further
increase costs significantly. To overcome this limitation, we work herein with a new
technique called bacterial enzyme-induced calcite precipitation (BEICP). In BEICP, free
microbial urease is used as part of a total bacterial protein extract obtained from Sporsarcina
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pasteurii, a commonly found soil bacterium that produces urease in high quantities [15].
Biocementation via BEICP has proven to be effective in cementing coarse and fine-grained
containing soils [16,17] to varying degrees. However, to be successfully implemented, a
deeper fundamental understanding of the mechanisms leading to biocementation is necessary.

In the BEICP technique, the spatial distribution of adsorbed, enzymatically active ure-
ase dictates the locations where calcium carbonate precipitation, and therefore cementation,
will take place. In our previous work, we reported that urease adsorbed to Ottawa silica
sand and silt retained some enzymatic activity, even when present in a complex protein
mixture [10]. However, an overall loss of urease activity after adsorption was observed
(i.e., the sum of urease activity in the soil and supernatant was lower compared to the
original activity of the total protein suspension), with greater losses observed for samples
with higher silt contents. These observations raised the question of how activity loss relates
to the overall amount of protein adsorbed and soil surface chemistry. Understanding
this relationship is especially important for BEICP applications, because soils have highly
heterogeneous surfaces often coated with metal oxides and hydrophobic compounds, with
varying sizes of positively and negatively charged patches [18,19].

In particular, protein adsorption is highly dependent on the surface chemistries of
the protein and the sorbent surface, as well as the presence of other proteins. For ex-
ample, proteins commonly exhibit high affinity towards hydrophobic surfaces, even if
they are hydrophilic in nature [20–26], but that often leads to protein denaturation and
sharp decreases in enzymatic activity [27]. Although soils generally display low levels of
hydrophobicity [28,29], hydrophobic soils, defined as having contact angles ≥ 90◦, have
been documented worldwide and are especially common in surface soils that often dry out
or have been exposed to fires [28,30–36]. It is also noteworthy that hydrophobic soils are as-
sociated with increased soil erosion [37–40], for which soil stabilization via biocementation
may be a suitable mitigation method [41–44]. In addition, low amounts of adsorbed pro-
teins and the subsequent retention of their enzymatic activity have been observed in soils
containing aluminum and iron oxides, even in single-protein adsorption studies [19,22,45].

Therefore, the overall goal of this paper was to investigate the behavior of S. pasteurii
total bacterial proteins, specifically urease, upon adsorption onto soil samples with varying
degrees of hydrophobicity and electrical charges, and the resulting enzymatic activities.
We hypothesized that higher amounts of adsorbed proteins including urease would result
from favorable protein–soil surface interactions, such as those resulting from opposing
electrostatic charges or hydrophobicity. This increased amount of adsorbed proteins, in
turn, was expected to increase overall urease enzymatic activity in the soil to different
degrees, depending on the configuration of the adsorbed urease. To test this hypothesis,
batch adsorption experiments were conducted in sand mixtures where electrostatic and
hydrophobic driving forces were expected to be dominant. An amount of 100% organosi-
lane breathable-soil waterproofing agent and iron oxide was used to produce hydrophobic
and positively-charged sands, respectively. The ranges of hydrophobicity or the positive
charges in soils were varied by changing the ratios of mixing between coated and uncoated
sands. The total amount of adsorbed proteins, and specifically urease, were measured
though spectrophotometric and proteomic analyses, and enzymatic activity assays were
performed in soil and supernatant portions following adsorption.

2. Results and Discussion
2.1. Surface Coverage

In this study, soil mixtures containing different levels of hydrophobicity and positive
charge patches were considered. Adsorption is a surface phenomenon and is largely
controlled by the surface chemistry of the adsorbent and adsorbate [46]. Sorbent surfaces
with greater numbers of available adsorption sites have higher adsorption capacities, but
the likelihood of protein adsorption and surface coverage is dictated by the affinity of
the proteins to the solid surface. At high surface coverage levels, adsorbed proteins are
tightly packed; adsorption is more likely to occur in a multilayer fashion and might result
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in blockage of the active site [23,45]. At low surface coverage, intermolecular interactions
are limited, but protein denaturing caused by conformational changes in the molecular
structure is more likely [47–51].

The measured surface area for each soil sample is shown in Table S1, and the total
amount of protein adsorbed is shown in Figure S2. It is worth noting that although the
total surface areas among the samples were markedly different, the total amount of protein
adsorbed onto each soil mixture was similar. This suggests that differences in surface
area between the different samples tested did not impact total protein adsorption. The
calculated surface coverage for each soil sample is shown in Table S1 and Figure 1; herein,
surface coverage is defined as the number of total proteins adsorbed per m2 of sorbent
surface. The hydrophobic-containing soil samples (denoted as “HF”) displayed the highest
surface coverages; while increasing the hydrophobicity level from 10% HF to 20% HF
did not significantly affect the surface coverage of these samples (p-value > 0.05), and the
values for 100% HF were approximately 25% higher. In addition, surface coverages in
all hydrophobic-containing samples were considerably higher than in the sand samples
(p-value < 0.05). The surface coverages for sand and iron soil (denoted as “iron”) mixtures
were not statistically different from each other, even though the total surface area of the
100% iron sample was 32 times larger than the sand-only surface area. Despite this, there
appears to be a trend of lower surface coverage for samples with higher iron contents.
Similar observations linking soil iron content with lower adsorbed protein masses have
been reported in natural soils [52–54].
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Figure 1. The surface coverage for samples containing sand, mixtures of sand and iron-coated sand
(“iron”), and mixtures of sand and hydrophobic-coated sand (“HF”). The initial protein concentration
used was 4 mg/mL, with a ratio of 2 mg protein per gram of soil. Surface coverage was calculated by
normalizing the amount of total protein adsorbed by the total surface area of each sample. Values
shown are averages of three replicates and error bars represent the standard error.

2.2. Protein Adsorption

Similar amounts of total proteins were adsorbed in all soil samples tested (Figure 2,
p-values > 0.05) even though the specific surface area of the 100% iron sample was approx-
imately 32 and 150 times larger than sand and 100% HF, respectively (Table S1). Similar
findings were reported for protein adsorption onto soil mineral surfaces for various pro-
teins including urease, where the amount of adsorbed protein did not positively correlate
to the surface area available [18,19,22,45]. The differences in surface coverages combined
with the equal amounts of adsorbed proteins indicate that most proteins in the S. pasteurii
total protein extract have a higher affinity towards hydrophobic surfaces. In fact, several
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studies have shown that most proteins have a high affinity towards hydrophobic surfaces,
including hydrophilic proteins such as BSA, with increased amounts of adsorbed proteins
displayed on surfaces with higher hydrophobicity levels [20–26,55]. Furthermore, though
hydrophobic amino acid residues are mostly ingrained inside the protein’s molecular
structure, a hydrophobic protein core can become exposed due to structural unfolding
upon initial binding via electrostatic interactions. This unfolding then gives rise to nu-
merous hydrophobic binding sites in the protein, that will in turn enhance subsequent
adsorption [56–59].
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Figure 2. The percentage of overall protein adsorbed, and urease adsorbed, from the initial total pro-
tein extract. The total amount of adsorbed proteins was obtained through Nanodrop measurements at
280 nm wavelengths before and after adsorption. Urease concentrations were obtained from targeted
PRM LC/MS analysis. Results shown are the averages of three and two independent experiments
for the % adsorbed urease and % total proteins adsorbed, respectively. Error bars represent the
standard error.

While the total mass of adsorbed proteins was similar across all samples (Figure S2),
the percentage of urease adsorbed onto hydrophobic-containing mixtures was significantly
higher than in sand samples (Figure 2, p-value < 0.05). These results suggest urease was
preferentially adsorbed onto 20% HF and 100% HF samples compared to other proteins.
This could be a result of surface chemistry modifications arising from multilayers of
adsorbed proteins in the tightly packed surfaces of 20% and 100% HF samples, which might
have resulted in a sorbent surface that was more favorable for urease adsorption, as well as
an increased affinity of urease towards hydrophobic surfaces. Hence, the presence of other
proteins may have facilitated urease adsorption onto the 20% and 100% HF mixtures.

No significant differences were found in the percentage of adsorbed urease among
iron-containing mixtures, even when compared to sand (p-value > 0.05). In addition, our
results indicate that urease adsorption onto sand- and iron-containing soil mixtures was
less favorable in comparison to the total proteins in the mixture. It is unclear if increased
iron contents had a more detrimental effect on urease adsorption, but previous studies have
found low levels of urease adsorption onto clay minerals coated with iron [22]. Studies
have found that the presence of urease is negatively related to the amount of iron present,
either in natural soils or in experimental settings [60].

Furthermore, the adsorption experiments herein were conducted at pH 8 and ambient
temperature. In these conditions, about 87% of all proteins present in the initial protein
mixture have isoelectric points (pI) lower than 8 based on our label-free LC/MS data,
including urease which has a pI of 4.6 [61], pointing to an overall negative charge for

156



Catalysts 2022, 12, 230

most proteins during adsorption. The pIs of Ottawa sand and iron-coated sand are 2 [62]
and 9.3 [46], respectively, suggesting that the sand surface had a net negative charge
whereas the iron-coated sand had a net positive surface charge. Results from streaming
current measurements confirmed a shift towards less net negative charges in samples with
increased iron contents (data not shown). Thus, electrostatic interactions between most
proteins and the iron-coated sand were expected to enhance protein adsorption and result
in higher amounts of proteins adsorbed for samples with higher iron contents. However,
our results showed no differences between the amounts of protein adsorbed among those
samples (Figure 2). The surface of iron and sand soil mixtures is mostly composed of
silica, iron, and hydroxyls groups, as shown by the EDS data in Figure S1. The complete
absence of hydrophobic groups in these surfaces suggest that electrostatic interactions
were dominant. Possibly, the negatively charged proteins that adsorbed first onto the
positively charged patches on the iron-coated surface created a repulsive environment
that hindered the subsequent electrostatic attachment of negatively charged proteins [58].
These findings are in agreement with previous studies that have also found low amounts
of proteins adsorbed onto aluminum- and iron oxide-coated surfaces, especially in soils
and clay minerals [19,22,45].

Label-free LC/MS proteomic analysis was conducted on the initial total protein extract
and in supernatant portions of each sample following adsorption. A heatmap showing
the complete protein profile in each sample is shown in Figure S3 (peak area data from
label-free LC/MS analysis are provided in Table S2), and the score plot in Figure 3 provides
information on sample clustering. These data revealed that after adsorption, supernatant
samples from hydrophobic soil mixtures were markedly different from the initial protein
extract, especially 20% and 100% HF samples (Figure 3). On the other hand, iron-containing
samples were more closely related to sand and the original protein extract, indicating that
the protein profile in these supernatant samples upon adsorption did not differ as much
from the initial protein extract. It is also worth noting that hydrophobic samples were
more distinctive from each other compared to the iron-containing soil mixtures, which
were closely clustered. The significantly higher surface coverage displayed in hydrophobic
samples (Figure 1) suggests that protein adsorption happened in a multilayer fashion. Thus,
the underlying soil surface was replaced as the adsorbent surface by a layer of adsorbed
proteins as the adsorption sites were occupied, which in turn gave rise to a new sorbent
surface with a different surface chemistry than the soil grain surfaces. Therefore, these
observations suggest that the change in surface chemistry due to multilayer adsorption was
able to attract a more diverse pool of proteins present in the crude protein extract, which
would explain why hydrophobic samples were markedly distinct from each other and from
all other samples (Figure 3). In fact, label-free analysis showed that the initial crude protein
extract was a complex protein mixture composed of over 600 proteins (Table S2), with sizes
varying from 4 to 130 kDa and isoelectric points ranging from 3.9 to 12.4. This diverse pool
of proteins is potentially able to attach to any surface, but the extent of protein adsorption
achieved is still dependent on how compatible the sorbent surface chemistry would be to
the proteins in the mixture.

2.3. Enzymatic Activity of Adsorbed Urease

The enzymatic activity of adsorbed urease, normalized to the free urease activity
of the initial total protein extract, is shown as activity yield in Figure 4. Hydrophobic
samples showed the highest activity among all samples, and the retained enzymatic activity
increased for samples with higher hydrophobic contents. In addition, urease activity values
for hydrophobic soil mixtures were significantly higher than the values for sand- and iron-
containing soil mixtures (p-value < 0.1). Low urease activity was retained in soil mixtures
containing iron. The 10% and 20% iron samples were found to not be statistically different
from each other, or from sand, in terms of retained urease activity. The 100% iron sample
displayed higher urease activity than sand (p = 0.07). Although the presence of iron has
been correlated with a lower amount of adsorbed urease or the presence of urease in natural
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soils, several studies found an increased activity of several enzymes, including urease, in
the presence of iron as shown [52–54]. Overall, urease activity decreased in the order of
100% HF > 20% HF > 10% HF > 100% iron > sand, 10% iron/20% iron. These findings agree
with the values obtained for the catalytic efficiency of adsorbed urease, defined as the ratio
of Vmax/KM from Michaelis–Menten experiments, which shows the decrease in catalytic
efficiency and follows the order 100% HF > 100% iron > sand (Table S3).
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Figure 3. A score plot for all proteins present in the initial total protein extract and in supernatant
portions of samples following adsorption. The score plot employs the orthogonal projections to
latent structures discriminant analysis (OPLS-DA) modeling method and was developed through
the MetaboAnalyst online tool [63]. Displayed regions reflect a 95% confidence interval. Prior to
analysis, the data was log transformed and auto-scaled (mean centered and divided by the standard
deviation of each variable). Sand = uncoated sand; Protein = initial protein sample; I10, I20, I100 = 10,
20, and 100% iron-coated sand, respectively; H10, H20, H100 = 10, 20, and 100% hydrophobic
sand, respectively.

Total urease activity, defined as the sum of the activity retained in the soil and su-
pernatant portions of each sample after adsorption, showed that the decrease in urease
activity observed in the soil portions of all soil mixtures was not solely a result of adsorption
intricacies (Figure S4). Except for 100% HF, all samples displayed high urease activity in
their supernatant portions. This suggests that urease adsorption was distinctively more
favorable in the 100% HF samples, where more urease was adsorbed into the soil (Figure 2).
Additional experiments with 50% HF confirmed similar trends to 100% HF (Figure S4). For
all other samples, some urease stayed in the supernatant after adsorption, as indicated by
residual urease activity in the supernatant. Nevertheless, all samples displayed an overall
loss of total urease activity; the highest activity loss was observed in samples containing
10% and 20% iron (up to 58%), whereas the 100% HF samples displayed the lowest loss of
activity (less than 25%).
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Data shown represent the average of three independent experiments, with error bars indicating one
standard error.

Protein denaturation upon adsorption is highly dependent on surface coverage, espe-
cially on whether or not proteins have room to spread over the surface [23,64]. Although
hydrophobic interactions have been shown to be more detrimental to the molecular struc-
ture of adsorbed proteins [27], some studies found that electrostatic interactions played
a major role in protein denaturation upon adsorption to solid surfaces compared to hy-
drophobic interactions [65,66]. Therefore, aside from surface coverage, it is not the nature
of the adsorption-driving force that dictates the likelihood of protein unfolding, but rather
the extent of the protein’s affinity towards the sorbent surface, regardless of the driving
force. We can hypothesize that the high packing density observed in hydrophobic soil
mixtures of 100% HF samples (Figure 1) had a strong effect on hindering the spreading of
adsorbed proteins and their denaturation, which explains why a smaller decrease in overall
urease activity was found in those samples (Figure S4). However, although the 20% HF and
10% HF samples had much higher surface coverage than sand, 100% iron, and 50% iron
samples (Figure 1), the overall losses of activity in those samples were similar (Figure S4). It
has been shown that the dissociation of jack bean urease into its subunits has little effect on
urease activity, and subunits are often functionally independent [56,67,68]. As such, even
though samples such as sand and the iron-containing soil mixtures might have experienced
a higher degree of protein unfolding due to their low surface coverage of proteins, the
structural changes might have happened in a way that did not affect activity as much,
and the overall level of activity loss ended up being similar to those found in 10% HF and
20% HF samples. Moreover, surface topography has been highlighted as an important
variable that can constrain the mobility and agglomeration of adsorbed proteins [69,70],
which in turn would also affect the degree of protein unfolding. In this study, surface
topography was not controlled for and likely varied widely across tested soil samples,
based on SEM pictures of the coated and uncoated soil grains (Figure S5).

3. Materials and Methods
3.1. Materials Used

Commercial-grade Ottawa silica sand 20/30 (Gilson Company Inc., Lewis Center,
OH, USA), composed of 98.7% silica and specific gravity of 2.65, was used as the primary
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sand material in this study. Pure culture S. pasteurii (ATCC 11859) cells were used as the
source of crude total bacterial proteins. All chemicals were obtained from Fisher Scientific
(Walthan, MA, USA) unless otherwise noted.

3.2. Total Protein Extract

Growth media and cell harvesting of S. pasteurii followed previously described proce-
dures [10] with the following modifications. Upon extraction of the crude bacterial total
protein by sonication, the protein extracts were not dialyzed prior to storing at −20 ◦C.
Aqueous protein concentrations were quantified spectrophotometrically using Nanodrop
measurements at 280 nm.

3.3. Soil Pretreatments

Commercial-grade Ottawa silica sand 20/30 (Gilson Company Inc., Lewis Center,
OH, USA) was used as uncoated sand, and hereafter defined as “sand”. Hydrophobic-
coated sand was obtained by mixing 100% organosilane-based breathable-soil waterproof-
ing agent from TerraSil (Zydex Industries, Gotri, Vadodara, India) in a 10% ratio by weight
with the Ottawa sand. The mixture was left at ambient temperature overnight and then
dried at 110 ◦C until completely dry. The dried coated sand was sieved through a U.S Sieve
No. 20 and No.30 (0.85 and 0.6 mm openings, respectively); the portion retained between
the two sieves is herein defined as “100% HF”.

Iron-coated sand was obtained following the IOCS-1 procedure [71] designed to yield
sand particles with a 9.3 isoelectric point. In brief, approximately 80 g of Ottawa silica
sand was mixed with 200 mL of 2.5 M FeCl3 solution and heated to 110 ◦C for 3 h. The
temperature was then raised to 550 ◦C and heating continued for an additional 3 h. Sand
was cooled to room temperature in open air, after which it was rinsed with DI water and
air-dried. Next, sand from the previous step was mixed in a 1:2 ratio with a 2.1 M solution
of Fe(NO3)3 plus 1.5% w/w ratio of a 10 M NaOH solution. This mixture was heated to
110 ◦C overnight or until completely dried. The resulting coated sand aggregates were then
mechanically broken and sieved through a U.S Sieve No. 20 and No. 30 (0.85 and 0.6 mm
openings, respectively); the portion retained between the two sieves is herein defined as
“100% iron”. Uncoated sand was mixed with the 100% HF or 100% iron in various ratios.

3.4. Soil Characterization

Contact angle: Contact angle measurements were conducted on 100% HF samples using
the sessile drop method, using nanopure water as the probe liquid [72]. In brief, a water
droplet was placed on top of the sand surface and a handheld camera was used to visually
capture the drop shape on the surface. The tangent to drop profile was aligned with the base
using an online protractor tool (https://www.ginifab.com/feeds/angle_measurement/,
accessed on 28 October 2021), and yielded a value of 106◦, which confirmed that the
organosilane-coated sand was indeed hydrophobic.

Streaming current: To confirm iron-containing soil mixtures were indeed more pos-
itively charged in samples with higher iron contents, streaming current was measured
in all samples using the Laboratory Charge Analyzer (Chemtrac, Atlanta, GA, USA). All
measurements were conducted in 50 mM HEPES buffer with 4% EDTA at pH 8 and
ambient temperature.

Surface area: The specific surface area of each soil mixture was measured by N2
physisorption analysis using a Micromeritics 3Flex surface characterization analyzer (Mi-
cromeritics, Atlanta, GA, USA) (Table S1). Approximately 3.5 ± 0.5 g of samples was used
for BET analysis from 0.05 to 0.3 P/P0 using nitrogen as the carrier gas at 77 K. Prior to
analysis, all samples were degassed at 200 ◦C for 120 min to remove any adsorbates.

3.5. Adsorption Experiments

Batch adsorption experiments were conducted using 2 g of each soil mixture. Soil
mixtures containing 10% and 20% (w/w) ratios of iron coated sand or hydrophobic coated
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sand to uncoated sand along with samples containing 100% iron, 100% HF, and 100%
sand were considered in this study. Batch adsorption experiments were conducted at
room temperature (22–25 ◦C) and end-over rotation for 16 h, using a total protein extract
with 4 mg/mL protein concentration. Following adsorption, protein soil mixtures were
separated via centrifugation at 8000× g for 5 min at 20 ◦C to obtain the soil and supernatant
fractions from each sample. Supernatants were filtered through 0.2 µm pore size syringe
filters, and soil samples were washed with buffer (50 mM HEPES buffer with 4% EDTA
at pH 8) to remove loosely bound proteins. These two fractions are herein defined as
“supernatant” and “soil”. Samples containing only soil in buffer and the crude protein
extract without soil were also tested as controls. All adsorption experiments were conducted
in 50 mM HEPES buffer with 4% EDTA (pH 8). Experiments were conducted in triplicates
using different total protein extracts.

3.6. Urease Activity Measurements

Urease activity was determined through measurements of urea consumption over
time according to method A in Rahmatullah and Boyde [73]. Soil samples were suspended
in 8 mL of 50 mM HEPES buffer with 4% EDTA at pH 8, and 2 mL of supernatant samples
were used. Sub-samples were taken following the addition of 2.08 mM urea approximately
every 30 s for 3 min for soil fractions, and every 15 s for 90 min for supernatants. Urease
activity was determined based on the linear slope of each reaction and is expressed in U,
where 1 U is equal to 1 µmol of urea consumed per minute.

3.7. Proteomics Analysis

Supernatant samples derived from adsorption experiments were analyzed using
label-free liquid chromatography/mass spectrometry (LC/MS) relative quantification and
targeted parallel reaction monitoring (PRM) LC/MS absolute quantification techniques at
the Protein Facility at Iowa State University. In brief, crude protein extracts were reduced
with DTT for the label-free analysis. The Cys were modified with iodoacetamide and
then digested overnight with trypsin/Lys-C. Samples were desalted using C18 MicroSpin
Columns (Nest Group SEM SS18V) prior to drying in a SpeedVac. PRTC standard (Pierce
part #88320) was spiked into each sample to serve as an internal control. The peptides were
then separated by LC and analyzed through MS/MS by fragmenting each peptide with an
Exactive Hybrid Quadrupole-Orbitrap Mass Spectrometer with an HCD fragmentation cell
(Thermo Fisher Scientific, Waltham, MA, USA). Data was normalized using the PRTC
peak areas. The Proteome Discoverer program version 2.2 (Thermo Fisher Scientific,
Waltham, MA, USA) was used to create a peak list. Only proteins with peptide spectrum
matches (PSMs) higher than three were used for data analysis [74]. The resulting intact
and fragmentation pattern was compared to a theoretical fragmentation pattern using the
UniProt database for S. pasteurii [75] in order to identify proteins based on the peptides
present. The retention time and masses of urease subunits α, β, and γ obtained from
the label-free untargeted quantification analysis were used to produce an inclusion list of
peptides for the PRM runs. A total number of 11, 4, and 3 peptides present in the urease α,
β, and γ subunit samples, respectively, displaying a high number of PMS were selected
for the PRM inclusion list. In the PRM analysis, myoglobin was spiked in each sample
as an internal standard at 0.5 µg/µL concentration. An MS1 scan was used to find the
peptides of interest from the generated inclusion list and MS/MS scan was used to confirm
the peptide’s identity for quantification. The mass of each urease subunit was obtained
based on the ratio of the peak areas of myoglobin standard, the protein of interest, and the
known amount of myoglobin injected.

3.8. Statistical Analysis

Statistical analysis was performed using the R Stats Package version 4.1.1. Compared
samples were subjected to an f-test for equality of variances and followed by unpaired or
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paired t-tests based on the results of the f-test. A p-value less than 0.05 was considered as
statistical significance.

4. Conclusions

Understanding how protein adsorption onto soils results in enzymatic activity is
vital for enzyme-based sustainable engineering applications such as biocementation. The
findings from this study showed that similar amounts of adsorbed proteins from the
original crude protein extract adsorbed onto all soil surfaces regardless of surface chemistry.
However, when considering the adsorbed urease, our findings suggests that urease was
preferentially adsorbed onto 20% HF and 100% HF samples. Higher levels of urease activity
were retained in hydrophobic-containing samples, and urease activity decreased in the
order of 100% HF > 20% HF > 10% HF > 100% iron > sand, 10% iron/20% iron. Similar levels
of enzymatic activity were retained in iron-containing soil mixtures and sand, indicating
that although favorable electrostatic interactions were expected to enhance adsorption and
urease activity in iron-containing mixtures, our results showed otherwise. Finally, although
higher amounts of urease and retained activity were found in hydrophobic-containing
soils, the overall loss of activity in 10% HF and 20% HF samples were similar to values
obtained for sand and 100% iron (ranging from 40–47%). The 10% iron and 20% iron
samples displayed the highest activity loss, with up to 55 and 58%, respectively, whereas
100% HF exhibited the lowest loss of activity of less than 25%.

The findings from this study show that preferential adsorption of targeted proteins
in a complex protein mixture is possible, even when competition for adsorption sites is
high, as noted in the 100% HF soils. The fact that low amounts of proteins adsorbed onto
iron-containing soils, even though that interaction should be electrostatically favorable,
highlights the complexity of protein adsorption and the importance of soil characteriza-
tion prior to the implementation of biocementation to assess the likelihood of achieving
successful cementation. Furthermore, our results suggest that surface coverage can play
a major positive role in mitigating the loss of enzymatic activity upon adsorption. Thus,
surface manipulations to yield high surface coverage, such as TerraSil treatments to add
hydrophobicity to soil surfaces, can potentially be used to decrease the negative effects of
adsorption on enzymatic activity, at least to some extent. Finally, the high amount of urease
activity in hydrophobic soils containing more than 50% hydrophobic-coated sands suggests
that biocementation could be successfully used to stabilize soils exposed to wildfires and/or
that have experienced long periods of severe drought, since such soils are associated with
higher degrees of hydrophobicity.
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(A) and top 25 (B) proteins present in the initial total protein extract and in the supernatant samples
following adsorption onto soil mixtures; Figure S4: Urease activity in supernatant and soils portions
upon adsorption as a percentage of the activity of the free urease enzyme in the initial total protein
extract; Figure S5: SEM pictures of (A) uncoated Ottawa silica sand, (B) 10% HF hydrophobic coated
sand, (C) 10% iron oxide coated sand; Table S1: Surface areas of each soil mixture measured using BET
N2 physisorption analysis; Table S2: Label-free proteomics analysis data; KM and VMAX parameters
obtained from Michaelis-Menten kinetic experiments in soil portions of each samples following batch
adsorption experiments.
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Abstract: Natural resources are considered a promising source of microorganisms responsible for
producing biocatalysts with great relevance in several industrial areas. However, a significant fraction
of the environmental microorganisms remains unknown or unexploited due to the limitations
associated with their cultivation in the laboratory through classical techniques. Metagenomics has
emerged as an innovative and strategic approach to explore these unculturable microorganisms
through the analysis of DNA extracted from environmental samples. In this review, a detailed
discussion is presented on the application of metagenomics to unravel the biotechnological potential
of natural resources for the discovery of promising biocatalysts. An extensive bibliographic survey
was carried out between 2010 and 2021, covering diverse metagenomic studies using soil and/or
water samples from different types and locations. The review comprises, for the first time, an overview
of the worldwide metagenomic studies performed in soil and water and provides a complete and
global vision of the enzyme diversity associated with each specific environment.

Keywords: soil; water; metagenomics; enzymes; biodiversity

1. Introduction

The natural resources available on Earth have played an important role in the history
of human civilization since they have provided the necessary materials and energy for
the preservation and proliferation of life. Besides the basic sustenance, proper use of
these resources can also contribute to the improvement of our comfort, protection and
well-being [1]. Over the centuries, we have witnessed the continuous exploitation of some
finite natural resources, which resulted in the degradation of important ecosystems, sub-
sequently creating severe environmental, economic and technological issues [2,3]. This
overconsumption of materials and energy will eventually lead to inevitable resource de-
pletion. Consequently, there is a need to moderate the demand for finite natural resources
and simultaneously search for efficient and sustainable ways to extract and convert en-
ergy/materials from renewable resources [4]. In this context, biocatalysts can play a crucial
role. Due to their high specificity and selectivity, the biocatalysts can generally ensure the
effective conversion of substrates, minimizing the formation of undesirable side-products
and reducing the energetic costs associated with the process. Hence, the use of suitable and
robust biocatalysts can greatly contribute to the implementation of greener and sustainable
bioprocesses that efficiently compete with the classical chemical routes. Currently, the use
of biocatalysts for the valorization of alternative non-finite resources, under the concept of
bioeconomy and the EU Green Deal, has gained increased attention.

Unexplored or slightly explored environments, such as soil and water, are interesting
sources of novel and promising biocatalysts. Despite the clear differences at the physic-
ochemical level, soil and water are both regarded as natural bio-reservoirs with great
microbial diversity. For this reason, these environments have been the focus of several mi-
crobial studies in the last few decades. Microorganisms are considered important suppliers
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of various bioproducts with applications in several industrial areas, such as enzymes. In
fact, in the last decade, we have seen a significant increase in the demand for enzymes [5],
which is easily explained by their great biotechnological potential. However, the presence
of a significant number of unculturable microorganisms both in the soil and water can
limit or make unfeasible some microbial studies to find novel biocatalysts. In this context,
metagenomics can play a crucial role.

Metagenomics has emerged as a culture-independent technique that allows exploring
the genetic material of whole microbial communities present in a given environment [6].
This technique has been successfully used to identify novel enzymes with promising
catalytic activities and some of them have been patented and already translated to the
market [7]. Two different metagenomic approaches have been described, namely, sequence-
based or function-based metagenomics. In both cases, an initial step of DNA extraction
from an environmental sample is needed [8]. The sequence-based studies allow the iden-
tification of candidate genes, while the function-based screenings include the detection
and isolation of clones from metagenomic libraries with a positive response to the desired
phenotype [9]. The construction of a metagenomic library requires the selection of the most
suitable expression vector, in which the environmental DNA fragment will be inserted.
In addition to other aspects, such as the quality and size of the environmental DNA, this
selection depends on the purpose of the functional screening. Plasmids can be used when
DNA fragments are small (≤15 kb insert size) and contain only individual genes. On the
other hand, some expression vectors, such as fosmids and cosmids (<40 kb insert size), or
bacterial artificial chromosomes (BACs) and yeast artificial chromosomes (YACs) (>40 kb
insert size), allow the recovery of large biosynthetic gene clusters that encode the pro-
duction of one or more specialized metabolites. Besides the expression vector, expression
systems should be selected in such a way that gene expression and target gene detection are
maximized. Escherichia coli has been widely used due to the extensive genetic knowledge
on this microorganism that makes it suitable for effective and profitable cloning and protein
expression [10,11]. However, the demand for robust biocatalysts requires functional screen-
ings at temperatures other than the growth temperatures of mesophilic hosts. Therefore,
other expression hosts, such as Thermus thermophilus, have already been shown to be
good candidates as expression hosts in the functional metagenome analysis [12].

This review discusses the most significant works reported in the last decade about
metagenomic studies performed in soil and water environments for the discovery of novel
and interesting enzymes. The bibliographic survey was carried out in the international
database Scopus between 2010 and 2021 using several search criteria as illustrated in
Figure 1. Briefly, in the first criteria the keywords used were: “metagenomic” and “enzyme”
and “soil” or “water”. After that, for each natural resource, the search was refined according
to the type and origin of the samples. Finally, the different groups of enzymes were
considered in the search.
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Figure 1. Search criteria defined for the bibliographic survey carried out in the international 
database Scopus. The first research criteria consisted of a generic search for metagenomic studies 
involving enzymes; the second criteria restricted the search to different types of samples and their 
origins; and the last criteria focused on the different groups of enzymes. In each case, the established 
keywords were searched in the title, abstract or keywords of the article. 

Based on the results obtained in the bibliographic survey, the studies were divided 
into three categories according to the type of sample (e.g., raw resources, human 
manipulated resources and unspecified resources) as illustrated in Figure 2. Within the 
category of raw resources, differences were established according to the temperature of 
each specific environment. In the case of human manipulated resources, three conditions 
were considered for soil, namely, samples from polluted environments, composting 
processes and agricultural lands and grassland. For the water samples resulting from 
human manipulation two conditions were defined, namely, contaminated 
groundwater/freshwater and coastal water. In the category of unspecific resources, both 
for soil and water, all studies that did not present enough information to classify them 
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Figure 1. Search criteria defined for the bibliographic survey carried out in the international database
Scopus. The first research criteria consisted of a generic search for metagenomic studies involving
enzymes; the second criteria restricted the search to different types of samples and their origins; and
the last criteria focused on the different groups of enzymes. In each case, the established keywords
were searched in the title, abstract or keywords of the article.

Based on the results obtained in the bibliographic survey, the studies were divided into
three categories according to the type of sample (e.g., raw resources, human manipulated
resources and unspecified resources) as illustrated in Figure 2. Within the category of raw
resources, differences were established according to the temperature of each specific envi-
ronment. In the case of human manipulated resources, three conditions were considered for
soil, namely, samples from polluted environments, composting processes and agricultural
lands and grassland. For the water samples resulting from human manipulation two condi-
tions were defined, namely, contaminated groundwater/freshwater and coastal water. In
the category of unspecific resources, both for soil and water, all studies that did not present
enough information to classify them according to the categories mentioned above were
included. Overall, for each study, the environmental conditions (temperature and pH), the
type of metagenomic approach and its main characteristics, as well as the catalytic activity,
was revised. Furthermore, the number of citations found in the international database
Scopus was also presented as an indicator of the impact of the study. All this information
was summarized in the tables presented in each specific subsection.
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Figure 2. Classification of the different soil and water sources used in metagenomic studies conducted
to identify promising biocatalysts.

2. Soil

Soil is more than just land; it represents one of the most important natural resources
available on Earth. It is considered the basis of agriculture, an important water filter, a
natural reserve of carbon and water and also the regular habitat for several living organisms.
Soils originate from rocks through complex chemical, mechanical and biological processes
which result in the formation of small particles and grains [13]. In terms of composition,
soils are generally constituted by solid, liquid and gas fractions in a 2:1:1 ratio (volume
basis). The solid fraction is mainly composed of inorganic materials but also contains
a small portion of organic matter (around 1–5%) [14]. The liquid phase is generally an
aqueous solution of electrolytes (e.g., micronutrients and macronutrients). On the other
hand, the main gases present in soil are water vapor, CO2, O2 and N2 [13]. Depending
on its origin and composition, different types of soil can be defined. Microbial diversity
and functionality are strongly dependent on the specific characteristics of each type of soil.
The classification established for the different soil samples considered in this review is
presented in Figure 3a. A total of 173 metagenomic studies were performed, considering
soil samples aiming to explore promising enzymes.

As shown in Figure 3b, in the last decade, the origin of the soil samples was mostly
natural or controlled composting (18.5%), followed by agriculture (15.6%) and aquatic
environments (14.5%). Forests and environments associated with them, e.g., groves (13.9%),
were also moderately studied. The lowest studied environments included contaminated ar-
eas (11.0%), wetlands/coastal areas (10.4%), arid/semiarid areas (6.9%), industrial sludges
(5.2%), mountainous areas (2.3%) and, finally, glacial areas (1.7%), probably due to the
difficulty in accessing them.
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Figure 3. Classification of soil sampling sources explored to find promising biocatalysts through
metagenomic approaches in the last decade. (a) Representation of the number of studies according
to the defined categories (raw resources, human manipulated resources and unspecified resources).
(b) Assignment of the soil type to each collected sample from different environments (forest and their
associated soils, wet mud/coastal soils, arid/semiarid soils, glacial soils, mountain soils, agricultural
soils, compost, contaminated soils, industrial sludge and aquatic sediments).

2.1. Raw Resources

Depending on the geographical location, the soil may present itself in various forms
at the Earth’s surface as the result of environmental conditions, organic matter content
and type of vegetation [15]. An abiotic factor with high importance in any ecosystem is
temperature since it can directly or indirectly affect microbial activity and, consequently, the
composition of microbial communities. Each microbial species has a different temperature
tolerance range and is capable of producing distinct types of biocatalysts at different
production rates. Still, certain microorganisms can thrive and function well metabolically
in adverse conditions, notably at extreme temperatures [16,17].

Therefore, the sampling locations in which the soil was directly collected and eval-
uated “as found in the nature” (raw resources) were classified according to the recorded
temperature: low temperature (location temperature below 20 ◦C); moderate temperature
(location temperature between 20 and 45 ◦C); and high temperature (location temperature
above 45 ◦C) [17].

As shown in Figure 3a, a greater number of studies were accomplished in low-
temperature environments (27 studies), followed by high-temperature environments
(26 studies) and, finally, moderate temperature environments (5 studies). The unique
characteristics of extreme environments, namely, extreme temperatures, make them more
interesting places to find promising and robust enzymes. This fact is probably the main
reason for the reduced number of studies accomplished in moderate temperature envi-
ronments. Furthermore, there is an increasing need to find highly stable biocatalysts with
efficient activities capable of acting in various industrial processes that make use of severe
conditions, similar to what occurs in hot and cold environments [18]. Table 1 compiles all
the data considered in the category of raw resources.
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2.1.1. Low-Temperature Environments

Cold soils, in addition to being exposed to very low temperatures, are also subject to
other harsh conditions, such as freeze-thaw cycles, UV radiation and restricted availability
of water and nutrients. Indeed, arid/semiarid regions, aquatic environments, polar regions,
mountainous and forest areas are examples of cold habitats that have been the focus of
metagenomic studies. Although they usually have low biodiversity, the microorganisms
that inhabit them have acquired survival machinery and, for this reason, these types of
habitats constitute stimulating reservoirs of biotechnological molecules [74].

Deep-sea sediments, mainly sands and clays from several aquatic environments, are
the type of samples that most contribute to the exploration of enzymes in these cold habitats.
The South China Sea is a marginal sea and one of the most studied environments since
it constitutes an important reservoir of sediments rich in organic materials [75]. Other
regions of the Pacific Ocean, such as Suruga Bay in Japan [31], as well as the depths of the
Atlantic Ocean [51] and the Arctic Ocean, notably in the Barents Sea area [48], have also
been studied to search not only for lipolytic enzymes but also enzymes belonging to the
glycosyl hydrolases class. Additionally, the submarine tufa columns of the Ikka Fjord in
Greenland [21] and the karstic lake in Spain (Lake Arreo) [40], which, in addition to being
permanently cold, are alkaline, and valuable sources of microorganisms adapted to these
environments. In addition to aquatic sediments, other types of samples with metagenomic
exploitation potential come from arid/semiarid and mountain soils, for example in the
Ladakh region [70] and the Apharwat mountain [41,44], respectively, both in the north-
western Himalayas that have distinct geo-climatic characteristics like extremely cold and
dry weather, high altitude and glacial and permafrost soils. Relevant examples of this
are the Karuola glacier in Tibetan Plateau [45] and the Kolyma Lowland permafrost in
north-eastern Siberia [47], which are extremely hostile environments and inhabited by
unique microbial communities.

2.1.2. Moderate Temperature Environments

There are few studies in which sampling sources are identified as moderate temper-
ature environments. Still, certain environments of this nature have other characteristics
that also make them interesting for metagenomic purposes. An example is the Caatinga
biome of João Câmara (Brazil) which presents sandy loam soil and constitutes an ecosystem
of high biological relevance due to the features of the area, such as the semiarid climate,
the high exposure to UV radiation and the long periods of drought [71,76]. Another ex-
ample is the solar saltern of Goa, which differs by its high salinity and represents an
important source for metagenomic studies given the difficulty in cultivating halophilic
microorganisms through conventional techniques [52].

2.1.3. High-Temperature Environments

High-temperature environments have also proven to be important sources of very
useful thermostable enzymes with applications in various industrial fields, such as food and
chemical synthesis industries. In addition to geothermally heated environments, such as hot
springs and hydrothermal vents, arid/semiarid regions and environments subject to natural
composting processes are often good targets for the application of metagenomic tools [77].
Compost samples from Expo Park in Japan, produced from leaves and branches, are a good
example of natural composting since they have been studied over a few years [24,42,59,69].
Once thermophilic composting reaches high temperatures, there is a greater predominance
of microorganisms capable of degrading complex molecules, with this type of environment
being a potential source of lignocellulose-degrading enzymes and, for this reason, an
interesting subject of study [78]. Several arid/semiarid regions have been explored given
the typical characteristics of these environments, including deserts [66] and also other sites—
more specifically, the Turpan Basin, which represents China’s hottest place and has proven
to be a valuable source of different types of highly thermostable enzymes [57]. Hot springs
and hydrothermal vents from different portions of the planet, e.g., Caldeirão hot spring in
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Portugal [28], Solnechny hot spring in Russia [46] and Solfatara-Pisciarelli hydrothermal
pool in Italy [34] have also contributed to finding robust enzymes through the construction
of metagenomic libraries using DNA extracted from wet mud and/or sediments collected
from these places. For all other metagenomic studies, the expression host used was E.
coli, except for the metagenomic library constructed from sediments of a hot spring in the
Azores, Portugal, which used the T. thermophilus as the host. Using this thermophilic host,
Leis and co-workers intended to increase the probability of detecting genes derived from
extreme environments that would encode for new thermostable biocatalysts and allow the
screening of phenotypes that are not observable in E. coli [43].

In some studies performed from these raw resources, an additional enrichment step
was performed to provide favourable growth conditions for certain microorganisms of in-
terest, often present in small abundance, to the detriment of others [79]. These enrichments
were implemented by introducing specific substrates, such as cellulose, xylan, chitin, starch
and glucose [31,33,38], and even olive oil [47], that stimulate specific microbial activities.
On the other hand, culture enrichment also occurred by controlling environmental condi-
tions, in particular the temperature, which is generally in agreement with the temperature
of the sampling locations [26].

Over the past decade, in addition to function-based metagenomic screenings, sequence-
based metagenomic screenings have also been performed. Sequential metagenomics
showed that the phyla that predominate high-temperature environments are Crenarchaeota,
Thaumarchaeota, Acidobacteria and Proteobacteria capable of mineral-based metabolism and
generally associated with soil, found more specifically in sediments from hot springs and
hydrothermal vents [21,31,34,36,43].

2.2. Human Manipulated Resources

Soil, in addition to being “discovered” as it is exposed in nature, without any kind of
alteration, can be studied in a variety of scenarios, including contaminated/polluted, agri-
cultural and controlled composting as a consequence of human manipulations. According
to Figure 3a, 31 metagenomic studies were performed in polluted soil samples, 27 studies
were conducted in agricultural fields and grasslands and 21 studies were performed on
samples provided by composting facilities. Table 2 comprises all the data considered in the
category of human manipulated resources.
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2.2.1. Polluted Environments

The intensification of industrialization, urbanization and mining have negatively
affected the soil as a natural source. It has been observed that soil has been contaminated
by different factors, namely, industrial sewages, solid wastes and urban activities. Some
organic and inorganic pollutants have been responsible for soil contamination, such as
heavy metals, alkaline or acidic constituents, toxins, oil contaminants and others [146].

It was found that the following categories of polluted samples have been used as the
object of metagenomic studies: soils contaminated by oil and its constituents (such as poly-
cyclic aromatic hydrocarbons (PAHs)), fertilizers and other alkaline pollutants, industrial
sludges and sediments. Oil production sites [80], soils where oil spills or runoffs have
occurred [50,101,111,139], soils near industrial areas [50,87,117,140] and soils treated with
fertilizers [136] were particularly analyzed. Since pollutants are rich in toxic compounds,
they affect the activity and diversity of microbial communities present in these adulterated
soils. Therefore, metagenomic studies have been developed in this type of compromised
environment to unravel the gene clusters that encode enzymes involved in the biodegrada-
tion of the various pollutants already mentioned. Only the microorganisms that transport
machinery capable of resisting and degrading these types of recalcitrant compounds can
survive in such environments. The toxic compounds can even act as substrates and enrich
some specific microorganisms [147].

The acid mine drainage in Carnoulès (France) is considered an interesting reservoir
of enzymes capable of degrading polymers and pollutants simultaneously producing an-
timicrobial agents, since this polyextreme environment, in addition to being highly acidic,
presents high concentrations of heavy metals, such as iron and arsenic, as a consequence
of mining [100]. Another example is the saline–alkali soil of Lop Nur (China) which is
characterized by extreme aridity and is a location that suffers from severe human manip-
ulation. Since it serves as a basis for monitoring and verification of nuclear tests [148],
microorganisms present in this soil are certainly subject to a high degree of stress and, for
this reason, it may present an interesting microbial diversity and functionality [143].

Other areas exposed to other components such as fats [99,129] or chitin [97,98] have
also been the focus of metagenomic studies as they are potential sources of new genes
encoding groups of specific enzymes (lipolytic and chitinolytic enzymes, respectively).
Activated sludge from different municipal [50,88,135,145] or industrial effluents, such as
pesticide [138], swine [113] and paper and pulp [50] industries, are also a rich source
of microorganisms producing enzymes capable of degrading protein, lipids and other
pollutants. Of the thirty-one studies, two of them performed the analysis of the 16S rRNA
gene libraries constructed, one of activated sludge from a swine wastewater treatment
facility and the other one from soil contaminated and enriched with chitin. In both studies,
it was found that the most predominant phylum was Proteobacteria [98,113]. Nevertheless,
different samples can unravel other dominant ones, since the composition of the sources
(activated sludge from industrial or municipal wastewater treatment plants or treated soils)
and the type of treatment accomplished may influence the bacterial diversity.

2.2.2. Agricultural Lands and Grassland

Land use and management have a great influence on the functioning of the soil
ecosystem. Microbial diversity and functionality are sensitive to land use considering the
important role of soil microorganisms in soil formation processes and nutrient cycling [149].

Hence, several metagenomic studies were implemented in fields designed for agricul-
ture and/or grasslands, many of them subject to the ploughing and cultivation of different
crops. Rhizosphere soils of, for example, red pepper plants and strawberry plants represent
a complex but interesting ecosystem due to the symbiosis and parasitism interactions that
happen between plants and microorganisms in these soil regions [92,115,142]. Cotton [132],
wheat [116,141], sugarcane [83,90,103], corn [81,144], straw [86] and paddy [94,142] fields
are examples of agricultural environments from which samples were collected, in particular
from topsoil, to be analysed through metagenomic approaches. The selection of topsoil
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samples and not samples at higher depths is due to the presence of a higher soil microbial
biomass on the surface since there is larger evidence of litter composition and root turnover
rates in this type of land [149]. Another important fact is that decomposition of a variety
of lignocellulosic residues occurs in these environments making them attractive to isolate
lignocellulose-degrading enzymes relevant to several industrial applications.

Three large-scale research landscapes [133] in Germany (Hainich-Dün, Schorfheide-
Chorin and Schwäbische Alb) are defined as exploratory environments. They present
different geological and climatic conditions and are characterized by the different intensities
of use and management of agricultural fields and grasslands. Therefore, they certainly
have great microbial diversity. In these environments, 37 novel lipolytic enzymes, the vast
majority belonging to the hormone-sensitive lipase family, were reported (Table 2). These
exploratory environments, together with the Oak Park research facility in Ireland [128],
are valuable sources of promising biocatalysts, notably lipases/esterases, as their land is
essentially fertilized with compost and/or manure and is subject to crop rotation. The crop
rotation system benefits certain chemical and physical properties of the soil, which is very
important and favourable for soil microorganisms [150].

2.2.3. Industrial Composting

Among the different manipulated sources, composting is considered one of the most
important bio-reactions for renewable bioenergy on the planet due to the huge variety of
microorganisms capable of degrading lignocellulosic biomass. Composting is a sustain-
able and efficient microbiological process in which the stabilization of the organic matter
occurs due to the passage through a thermophilic phase promoted by the proliferation of
thermophilic microorganisms [78,151].

The great contribution of composting to the circular economy has led to an increase in
the number of composting facilities that are responsible for the production of compost, rich
in humic substances, with high agronomic value in organic fertilization of agricultural soils.
Different parameters are controlled and adjusted throughout the industrial composting
process, such as temperature, pH, humidity, nature of organic materials, particle size and
C/N ratio [151].

Some raw materials used in industrial composting are agricultural and agro-industrial
residues, including animal faeces [91,102,107,114,118,119], household wastes [108,121],
residues from crop harvesting [82,89,91,102,107,109,110,114,119], green wastes [82,104,108,
109,118,121], wood chips and sawdust [43,118] and the organic putrescible fraction of
municipal solid waste [93,145].

For the metagenomic studies in which composting samples were used, the sample
collection essentially occurred during the thermophilic phase of composting that reaches
high temperatures (above 45 ◦C) due to microbial metabolic activity. Certain studies refer
to microbial diversity and confirm the prevalence of thermophilic microorganisms, namely,
Actinobacteria, Bacteroidetes, Firmicutes and Proteobacteria, producing enzymes able to degrade
the complex molecules that compose the lignocellulosic biomass [43,82,108,118]. Additionally,
some studies also report enrichment with lignocellulosic substrates, namely, switchgrass,
steam-exploded spruce, cutter chips, Whatman filter paper, pre-treated Miscanthus giganteus
and wheat straw. These substrates are firstly incubated with the composting samples
at a constant temperature and pH-defined according to the phase at which they were
collected to increase the abundance of thermophilic microorganisms and develop a suitable
consortium able to degrade lignocellulosic biomass. Over the years, several lignocellulose
degrading enzymes have been reported through the analysis of industrial composting
metagenomes [82,93,104,108,109].

2.3. Unspecified Resources

The designation “unspecified” includes studies from soil resources that do not fall into
either the raw resources section or the section of resources subject to human manipulation,
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since neither the temperature of the sample collected, the sampling site nor the existence of
any human activity which may alter the natural properties of the sample is mentioned.

A large part of the unspecified resources are forests that are made up of microorgan-
isms responsible for mediating biogeochemical cycles in terrestrial ecosystems. Addition-
ally, forest soils have a high microbial diversity due to the great accumulation of organic
matter [15]. Several metagenome studies have been developed, notably in soil samples from
the Amazon rainforest [152], mangrove forests [153–157], peat-swamp forests [158,159],
beech forests [160] and chestnut groves [161], to assess microbial diversity, as well as the
metabolic capacities of these communities to decompose natural biomass. A metagenome
from the Eucalyptus sp. forest in Brazil revealed that two of the most abundant phyla are
Actinobacteria and Firmicutes, commonly associated with forest soils [15,162].

This category also includes samples from soils with high moisture content, such as
alluvial soils from Eulsukdo Island (South Korea) [142,163], soils collected from lakes [64,145]
and even soils with a significant salinity content [145,164], mountain soils such as an acid
peatland site in Germany [159] and arid areas, namely, soils of the Cerrado region of
Brazil [165,166] that present a high clay content, low pH and high iron levels. All these
environments have interesting characteristics that give them unique ecosystems with high
enzymatic potential. Table 3 comprises all the data considered in the category of unspecified
resources.
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3. Water

Water is essential in our life. Although frequently perceived as just an ordinary
substance, it plays a vital role on the Earth since life as we know it could not exist without
water. As a natural resource, water is fully distributed over the planet. The oceans contain
the greatest fraction of water (96.5%), while continental water is composed of freshwater
(2.5%) and saline groundwater (1%) [182]. Water is present in its three physical forms
(liquid, solid and vapour) depending on the climate conditions. Aqueous environments
(saline and freshwater) are considered important sources of microorganisms capable of
inhabiting and resisting in different physical forms, such as icebergs (important spots for
marine life), seas and oceans, thermal springs, glaciers, lakes and ponds. The microbial
diversity and functionality found in water are strongly dependent on the environmental
conditions (e.g., salinity, temperature, physical form, nutrients, pH or depth). It is known
that a large part of the aquatic microbial resources remains unexplored mainly due to
access limitations. Nevertheless, the use of metagenomic tools has significantly aided the
discovery of novel biocatalysts from aquatic metagenomes [183]. In this review, the water
samples used in the metagenomic studies were divided according to their origin (Figure 4a)
and main characteristics (Figure 4b). In the last decade, a total of 26 metagenomic studies
with water samples to find promising enzymes were reported (Figure 4a).

Catalysts 2022, 12, x FOR PEER REVIEW 6 of 10 
 

 

water. As a natural resource, water is fully distributed over the planet. The oceans contain 
the greatest fraction of water (96.5%), while continental water is composed of freshwater 
(2.5%) and saline groundwater (1%) [182]. Water is present in its three physical forms 
(liquid, solid and vapour) depending on the climate conditions. Aqueous environments 
(saline and freshwater) are considered important sources of microorganisms capable of 
inhabiting and resisting in different physical forms, such as icebergs (important spots for 
marine life), seas and oceans, thermal springs, glaciers, lakes and ponds. The microbial 
diversity and functionality found in water are strongly dependent on the environmental 
conditions (e.g., salinity, temperature, physical form, nutrients, pH or depth). It is known 
that a large part of the aquatic microbial resources remains unexplored mainly due to 
access limitations. Nevertheless, the use of metagenomic tools has significantly aided the 
discovery of novel biocatalysts from aquatic metagenomes [183]. In this review, the water 
samples used in the metagenomic studies were divided according to their origin (Figure 
4a) and main characteristics (Figure 4b). In the last decade, a total of 26 metagenomic 
studies with water samples to find promising enzymes were reported (Figure 4a). 

As shown in Figure 4b, in the last decade the most studied aqueous samples were 
hyper/saline water (46.2%), followed by contaminated water (30.8%) and 
groundwater/freshwater (15.4%) and, finally, brackish water (7.7%). The first two types of 
water have been the most explored probably due to their extreme characteristics. 

 
Figure 4. Classification attributed to water sampling sources explored to find promising biocatalysts 
through metagenomic approaches in the last decade. (a) Representation of the number of studies 
according to the categories defined (raw resources, human manipulated resources and unspecified 
resources). (b) Assignment of water type to each sample collected in different environments 
(groundwater/freshwater, brackish water, hyper/saline water and contaminated water). 

  

Figure 4. Classification attributed to water sampling sources explored to find promising biocatalysts
through metagenomic approaches in the last decade. (a) Representation of the number of studies
according to the categories defined (raw resources, human manipulated resources and unspeci-
fied resources). (b) Assignment of water type to each sample collected in different environments
(groundwater/freshwater, brackish water, hyper/saline water and contaminated water).

As shown in Figure 4b, in the last decade the most studied aqueous samples were
hyper/saline water (46.2%), followed by contaminated water (30.8%) and groundwa-
ter/freshwater (15.4%) and, finally, brackish water (7.7%). The first two types of water have
been the most explored probably due to their extreme characteristics.

3.1. Raw Resources

As mentioned before, the microbial communities of natural water resources are
strongly associated with environmental factors, one of which is temperature [184]. Indeed,
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in addition to the most common aquatic environments on the planet, such as seawater
or lakes, extreme temperature environments also allow exploring a diversity of enzymes
capable of catalysing reactions at reasonable or extreme conditions [185]. Therefore, raw
water resources were classified in the same way and according to the same temperature
ranges as soil resources: low temperature (location temperature below 20 ◦C); moderate
temperature (location temperature between 20 and 45 ◦C); and high temperature (location
temperature above 45 ◦C) [17].

As shown in Figure 4a, the number of studies completed in the three types of en-
vironments is not very different. Nevertheless, samples were preferably collected in
high-temperature (6 studies) and moderate temperature environments (6 studies) instead
of low-temperature environments (4 studies). Table 4 compiles all the data considered in
the category of raw resources.
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3.1.1. Low-Temperature Environments

When thinking about low-temperature aquatic environments, thoughts are imme-
diately associated with marine environments and/or high depth environments that are
intrinsically related to high pressures. The decrease in temperature and the increase in
depth cause a decreased diffusion of nutrients and energy and decreased abundance of
prokaryotic cells, respectively. These extreme conditions require that microorganisms found
in these zones have their adapted metabolism, for example, low concentrations of nutrients,
which make them fascinating targets for the bioprospection of novel microbial capabilities
and, accordingly, promising enzymes [200,201].

Low-temperature water samples were collected essentially in different geographi-
cal locations in the Atlantic Ocean. Surface seawater was collected at opposite ocean
regions, particularly from an ecosystem observation site in New Jersey, USA [195], and
the brackish Baltic Sea in Poland [187]. The latter recorded the lowest water temperature
(0.8 ◦C), probably due to the fact that the Baltic sea was formed as a consequence of the
last glaciation that occurred 10,000–15,000 years ago and, therefore, has undergone remark-
able changes in its physicochemical characteristics [202]. In these different geographical
locations, different groups of enzymes were reported, namely, a ribulose 1,5-bisphosphate
carboxylase/oxygenase and a cytosolic β-glucosidase with a wide range of catalytic activi-
ties. Additionally, the chemocline of the Urania basin in the Mediterranean Sea was the
subject of a metagenomic study to find interesting carboxylesterases, since it is a deep-sea
anoxic hypersaline basin [50]. The extreme factors that characterize the Urania basin (hy-
persalinity, low temperature and anoxia) together with the typical features of chemoclines
make this habitat accommodate a highly diverse microbial community with pronounced
microbial activities, such as CO2 fixation and exoenzyme activities [203].

3.1.2. Moderate Temperature Environments

In moderate temperature environments, samples of different types of water are in-
cluded: groundwater/freshwater, hyper/saline water and brackish water.

Hyper/saline water samples from the surface of the South China Sea were the ones
that most contributed to the metagenomic studies in this category. The seasonal average
water temperature that falls into the range defined for this group (20–45 ◦C) and the
unique environmental properties of the South China Sea potentially contribute to the
diversity, novelty and uniqueness of genes encoding for valuable enzymes. Effectively,
different groups of enzymes have already been explored in the South China Sea, including
β-glucosidases, laccases and esterases [75,186,190,192].

As the lakes of the Amazon region remain unexplored, the freshwater metagenome of
Lake Poraquê was functionally analysed. Being the largest hydrographic basin on Earth,
the great genetic and metabolic diversity of microorganisms present in this important
region may result in the discovery of new enzymes of biotechnological interest, such as
enzymes involved in the degradation of plant cells walls [188].

The brackish samples of the Caspian Sea were also accessed since this environment
presents a salinity and ionic concentration very similar to the human serum. In this way,
there is a high probability that the secretory enzymes (more specifically, L-asparaginases)
found in the Caspian Sea microbiome exhibit greater stability in the physiologic conditions
of the human serum which can render them an interesting therapeutic applicability [199].

3.1.3. High-Temperature Environments

High-temperature habitats (>45 ◦C) are inhabited by heat-resistant microorganisms
and some of these environments also combine other extreme conditions, for example,
alkalinity, acidity, salinity, pressure and heavy metals [17]. Samples have been studied
mainly from hyper/saline water environments and groundwater/freshwater environments.

Among the different aquatic environments, the hypersaline anoxic deep-sea basins
in the Red Sea, namely, the Atlantis II deep brine pool, have received increased attention.
These are characterized by a high temperature, extreme salinity, acidic pH, extremely low
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levels of light and oxygen and high concentrations of heavy metals. In this way, this extreme
environment is expected to be an attractive location for the search for biocatalysts that can
function under harsh conditions, not just those that characterize the Red Sea. An esterase
capable of acting in the presence of heavy metals; a mercuric reductase extremely relevant
in the detoxification system for mercuric/organomercurial species; a nitrilase useful in
bioremediation processes, fine chemicals and pharmaceutics; a 3′-aminoglycoside phos-
photransferase and a beta-lactamase with potential application as thermophilic selection
markers; and a thioredoxin reductase important in the maintenance of the redox balance
and counteracting oxidative stress inside cells are some examples of biocatalysts found in
this extreme environment [189,193,194,197,198].

Another source commonly known for its high temperatures are the hot springs. A
metagenomic library constructed from a groundwater sample from the Lobios hot spring in
Spain was evaluated, by sequence-based and functional metagenomics approaches, given
its high temperatures and alkaline pH values. Moreover, the microbial biodiversity and
metagenomic potential of this source have not been sufficiently explored. This study re-
ported a novel esterase belonging to family VIII and showed that the dominant prokaryotic
phyla in this location, as in other hot springs on the planet, were Deinococcus-Thermus,
Proteobacteria, Firmicutes, Acidobacteria, Aquificae and Chloroflexi. Additionally, the dominant
archaeal phylum was Thaumarchaeota [191].

3.2. Human Manipulated Resources

Anthropogenic activities interfere negatively in many ways with the natural water cy-
cle. Several water bodies, such as oceans, rivers and groundwater have been contaminated
not only by natural events but particularly due to human interventions [204]. According to
Figure 4a, 9 metagenomic studies were performed in contaminated water samples. This
section was divided into groundwater/freshwater (4 studies) and coastal water (5 studies).
Table 5 compiles all the data considered in the category of human manipulated resources.
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3.2.1. Groundwater/Freshwater

The main anthropogenic sources of water contamination are refineries, mines, factories
and wastewater treatment plants, among others [204].

Over the past 10 years, different metagenomic studies have been executed in contam-
inated groundwater and freshwater sources for the acquisition of novel enzymes. Some
examples of contaminated sources are the formation of water in a coalbed in Jharia coalfield
(India) which is defined as an extreme environment [206], Eryuan Niujie hot spring in
Yunnan (China), which has a high content of fats due to the wastes resulting from the
livestock slaughter that occurs in the vicinity of the hot spring [207], and groundwater
from an area in the Czech Republic that has been incessantly contaminated with various
products from an oil industry for over 50 to 70 years [208].

The activities associated with each of the sites employ a certain continuous selective
pressure on the microorganisms that live in these environments to develop enzymes capable
of acting in the production of biodiesel, degradation of organophosphorus compounds and
halogenated pollutants, respectively [206–208].

3.2.2. Coastal Water

The category of coastal waters is essentially composed of water samples from oil-
contaminated harbours due to the numerous ships circulating in the waters of these areas
each year and also due to the unintentional spills of hydrocarbons that may occur during the
loading and unloading of petroleum-derived substances. The main pollutant responsible
for the contamination of these sites is oil and the studies have mainly been focused on the
Mediterranean Sea in Italy and the Barents Sea in Russia, allowing the finding of robust
carboxylesterases [50].

The importance of the metagenomic analysis of water samples of these types of sources
is justified by the abundance of microbial species capable of degrading hydrocarbons which
can be potentially applied in the bioremediation of ecosystems. To this end, additional
enrichments with crude oil or specific hydrocarbons (e.g., pyrene, naphthalene and phenan-
threne) are carried out to mimic the place from which they are isolated.

3.3. Unspecified Resource

The tropical underground water of the Yucatán Aquifer in Mexico was the only
resource considered unspecified. Nevertheless, it is a very interesting resource of freshwater
since it consists of very permeable and porous limestone that allows the infiltration of
water into the deepest layers of the soil. Additionally, the Yucatán Aquifer presents cracks
or interconnected spaces that allow water from distant zones and sources to move freely,
carrying a collection of microorganisms from different places. Thus, although it should be
a natural selection process that favours some microorganisms by eliminating others, it may
also present a high microbial diversity from diverse origins [209].

In this way, this aquifer can represent a potential and interesting source for the acquisi-
tion of a catalogue of enzymes suitable for the degradation of natural polymers, including
proteins.

4. Soil versus Water

As previously demonstrated, soil and water have both been reported as promising
sources of biocatalysts. Nevertheless, the number of metagenomic studies focused on soil
have been considerably superior, as illustrated in Figure 5. Between 2010 and 2021, the
period considered in this review, the soil was always a preferred source to search for new
biocatalysts, representing more than 69% of the studies each year. Additionally, it is also
important to highlight that the number of metagenomic studies for the identification of
enzymes has been decreasing for both natural resources. In fact, since 2017, a significant
reduction in the number of studies was observed but in 2021 this number went up again
(Figure 5), probably as a consequence of the pandemic situation which, in general, resulted
in a sharp increase in publication volume [210]. In the last years, we have witnessed a
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change in the focus of metagenomic studies from functionality to taxonomy and gene
annotation. The development of more accurate software allows access to the complex data
generated by the sequence-based metagenomics approach. Consequently, it is possible to
explore the biosynthetic gene cluster diversity and to understand the significant role of the
microorganisms in the global biogeochemical cycles.
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Figure 5. Number of metagenomic studies performed between 2010 and 2021 using water and soil
samples to find promising enzymes.

The global distribution of the several metagenomic studies performed with soil and
water samples is illustrated in Figure 6a. This figure shows that soil and/or water samples
from five continents (America, Europe, Asia, Africa and Antarctica) and four oceans
(Atlantic, Pacific, Arctic and Indic) were already explored through metagenomic studies
aiming at the discovery of new enzymes. Regarding the soil samples, Asia was the continent
with the higher number of studies (~52%), followed by Europe (~24%) and America (~13%)
(Figure 6b). The samples were mostly collected from human manipulated environments,
which can be justified by the higher demographic density and industrial activity attributed
to these continents. The number of studies performed with soil samples from Africa
or Antarctica was very low (<2%). When considering the studies performed in marine
sediments, a higher percentage was found for the Pacific Ocean (~5%) (Figure 6b).
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On the other hand, the marine water samples studied by metagenomic approaches
were mostly collected in the Atlantic Ocean (~27%), Indic Ocean (~19%) and Pacific Ocean
(~15%) (Figure 6c). In terms of continental water, samples were obtained from Asia (~15%),
Europe (~8%) and America (~8%).

The main groups of enzymes identified in the metagenomic studies include lipolytic
enzymes, glycosyl hydrolases, oxidoreductases, phosphatases/phytases and proteases.
The global distribution of these enzymes according to the type of sample used in the
metagenomic study is represented in Figure 7a. The soil samples from Asia, Europe and
America generally resulted in the identification of lipolytic enzymes and glycosyl hydro-
lases (Figure 7b). Oxidoreductases were mostly obtained from Asian soil samples. On
the other hand, some phosphatases/phytases were identified in samples from European
soils. Additionally, the metagenomic studies performed with both European and Asian soil
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samples showed the presence of other types of enzymes such as RNase [69], rhodanase [70],
trehalose synthase [143], sulfatases [145] or wax ester synthase [142]. The soil samples col-
lected in Africa and Antarctica, as well as the marine sediments from the Pacific, Antarctic
and Atlantic Oceans, essentially allowed the identification of lipolytic enzymes.
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For the water samples, the lipolytic enzymes were also the predominant group, being
identified in almost all the studied locations (except for samples from America) (Figure 7c).
Nevertheless, proteases were only identified in samples collected in America. Glycosyl
hydrolases were found in continental water from America and marine water from the Pacific
and Atlantic Oceans. On the other hand, oxidoreductases were found in marine water
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samples from the Pacific and Indic Oceans. Similar to the soil, other enzymatic activities
were identified in the water samples (except for samples from America and the Arctic
Ocean) such as nitrilase [197], beta-lactamase [198], L-asparaginases [199], fumarase [196]
or haloalkane dehalogenases [208]. However, no phosphatases/phytases were identified in
the metagenomic studies of water.

Overall, it was discovered that lipolytic enzymes, glycosyl hydrolases, oxidoreduc-
tases and proteases could be found in both natural resources (Figure 8). Nevertheless,
phosphatases and phytases were only identified in soil samples. Furthermore, the enzy-
matic activities included in the “others” group were significantly different for soil and
water samples (Tables 1–5).
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The five groups of enzymes mostly identified in the metagenomic studies (namely,
lipolytic enzymes, glycosyl hydrolases, oxidoreductases, phosphatases/phytases and pro-
teases) correspond to catalytic activities with a great interest in the industry. Lipolytic
enzymes, such as lipases and esterases, can catalyse either the hydrolysis or the synthesis of
ester bonds. They are considered robust enzymes, which can resist the harsh conditions of
some industrial processes such as high temperature and pH, and the presence of organic sol-
vents. These enzymes have been applied in the food, cosmetic, pharmaceutical, detergent,
laundry and oleo-chemical industries [211]. Lipases and esterases showing resistance to
high pH values (>8.5) were mostly found in soil samples, namely, petroleum hydrocarbons-
contaminated soil (esterase, optimal pH = 9.0 [117]), Brazilian cerrado soil (lipase, optimal
pH = 9.0–9.5 [165]), compost units (esterase, optimal pH = 10.0 [114]), fat-contaminated soil
(lipase, optimal pH = 10.0 [129]) or cold desert soil (esterase, optimal pH = 11.0 [39]). On
the other hand, lipases and esterases with tolerance to high temperatures (>65 ◦C) were
identified in hot spring soils (esterase, optimal temperature 80 ◦C [43]; lipase, optimal
temperature 65 ◦C [61]) and compost units (esterase, optimal temperature 75 ◦C [43,121].
Additionally, in water samples from the Red Sea (esterase, optimal temperature 65 ◦C [189])
and the South China Sea (esterase, optimal temperature 65 ◦C [190]), thermo and halo-
tolerant esterases were found. Furthermore, other interesting enzymes able to catalyse
the hydrolysis of ester compounds were obtained from compost (cutinase [59]), wheat
field soil (feruloyl esterase [116]) or contaminated soil from wood-processing industries
(carboxylesterases [50]).

The group of glycosyl hydrolases includes several enzymes which promote the break-
down of carbohydrates into simple sugars through the hydrolysis of specific glycosidic
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bonds. This kind of enzyme has been widely explored in biorefining processes for the
hydrolysis of different polysaccharides from plant origin and the subsequent production
of important added-value products like biofuels. Furthermore, glycosyl hydrolases are
also interesting enzymes for the cosmetic (e.g., toothpaste additives), food (e.g., dairy,
baking or brewing processes) and feed industries [212]. Three metagenomic studies per-
formed with water samples from marine water and freshwater led to the identification of
β-glucosidases [186–188]—important enzymes in the hydrolysis of short-chain oligosac-
charides into glucose. As expected, enzymes belonging to the family of cellulases (e.g.,
endoglucanases and β-glucosidases), xylanases (e.g., endoxylanases and β-xylosidase) and
amylases were widely found in soil samples. Chitinases able to catalyse the hydrolysis
of chitin commonly present in the exoskeleton of some animals were also identified in
metagenomic studies with soil. The natural presence of plant and animal detritus in soils
justifies the existence of microorganisms with the catalytic ability for the conversion of
cellulose, xylan, starch or chitin.

The family of proteases include the enzymes which promote proteolysis, i.e., the
breakdown of proteins into smaller peptides or amino acids. Proteases are well-established
enzymes in the food and feed industry, being used as stabilizers, meat tenderizers and
additives for better digestion, or even for the improvement of brewing and baking processes.
They can also be applied in leather and detergent industries, as well as in photography or
therapeutic uses [213]. According to the metagenomic studies analysed here, proteolytic
activity seems to be more common in soils than in water. Alkaline proteases were found in
desert environments [66], forest soil [177], hot springs sediments [67] and oil-contaminated
soil [111].

Oxidoreductases are a vast number of enzymes able to catalyse the transfer of electrons
from one molecule (reductant) to another (oxidant). This kind of enzymes is regarded as
important biocatalysts in the textile (dye bleaching), pulp and paper (bleaching), food and
beverage (stabilizer) and pharmaceutical industries (synthesis of bioactive compounds),
as well as in biorefining processes for the bioconversion of lignocellulose [214]. They can
also have an important role in the bioremediation of industrial and municipal wastewater
contaminated with organic compounds such as textile dyes, pharmaceuticals, hormones
or personal care products [215]. Diverse oxidoreductases were reported in the metage-
nomic studies analysed here, including laccases [154,192], oxygenases [137], alcohol and
aldehyde dehydrogenases [63,65], D-amino acid oxidases [136] and bilirubin oxidases [135].
Nevertheless, the majority of these enzymes were identified in soil samples.

Phosphatases are enzymes involved in the cleavage of ester bonds and the release
of phosphate groups. Phytases are a type of phosphatases that act in the hydrolysis of
phytic acid, a specific organic form of phosphorous. These enzymes are of great interest
in human and animal nutrition by reducing the phytate content of food products and
contributing to more efficient digestion and absorption of phosphorus [216]. Phytases are
common and very useful biocatalysts in soils since they are considered as primary agents
for dephosphorylation [217]. In fact, phytases were only found in the metagenomic studies
performed with soil samples [141,159].

5. General Conclusions and Future Perspectives

Metagenomics proved to be an efficient technique to explore natural resources such
as soil and water. Following either a sequence- or a function-based approach, several
enzymes with distinct catalytic activities were identified. In the last decade, the number of
metagenomic studies performed with soil samples was considerably higher than compared
with water samples. This fact can be related to some limitations reported for DNA extraction.
When working with water, high volumes of samples need to be collected and filtered
to allow the extraction of an appropriate quantity of DNA considered representative
of the microbial communities present in the environment. Furthermore, water sources
are immensely vast and, in most cases, not fully attainable without specific equipment
and protection (e.g., oceans, seas and groundwater). On the other hand, as terrestrial
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living organisms, we found the soil as a much more accessible and near environment.
Nevertheless, it is clear that the biotechnological potential of soil remains barely explored.
The global distribution of the metagenomic studies carried out for enzyme discovery in
the last decade noticeably shows that a vast number of promising environments are still
waiting for their potential to be unravelled. The lack of economic and human resources in
the African continent may justify the reporting of only two metagenomic studies, namely
with compost samples from the same composting facility. However, other continents like
America and Europe could also be explored more. The same conclusions are obviously
taken for water samples.

The catalytic activities found in the metagenomic studies were mostly distributed
in five representative groups. The origin and composition of the samples are generally
connected with the biocatalytic potential of the microbial communities. Parameters like
the pH and temperature of the sampling location are frequently related to the optimal
conditions reported for the biocatalysts. Additionally, in most cases, it was possible
to establish an association between the type of enzymes and the main constituents of
the sample. Lipolytic enzymes were often found in environments containing petroleum
hydrocarbons, oils or fat. Glycosyl hydrolases were mostly identified in soils since these
environments are naturally composed of plant and animal debris. Thus, the microbial
communities take advantage of producing these types of enzymes to convert the complex
polysaccharides of plant and animal origin. Similarly, phytases are enzymes with a catalytic
action that properly fits the soil environments where phosphorus assumes an important
role. The presence of oxidoreductases can also be more expected in soils due to the key role
they have in the conversion of lignin from plants. For proteases, no clear association was
established for the metagenomic data reported.

In the last years, more accurate and advanced software to access and analyse the
complex sequencing data generated in metagenomic studies have been developed. This
fact greatly contributed to a better understanding of the interactions established between
microbial communities and the environment by accessing important information about
biosynthetic routes and taxonomic annotation. As a consequence, the motivation of the
metagenomic studies slightly diverged. The studies initially focused on microbial function-
ality have been replaced by studies exclusively directed to whole-genome sequencing and
metabolite prediction. It is expected that metagenomics consolidates in the future its status
as a key technique to unravel the biotechnological potential of microbial resources, thus
contributing to the search for novel and effective bioactive compounds according to the
market trends.
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Abstract: Ethyl esters of omega-3 fatty acids are active pharmaceutical ingredients used for the reduc-
tion in triglycerides in the treatment of hyperlipidemia. Herein, an ultrasonic packed-bed bioreactor
was developed for continuous production of docosahexaenoic acid (DHA) and eicosapentaenoic
acid (EPA) ethyl esters from DHA+EPA concentrate and ethyl acetate (EA) using an immobilized
lipase, Novozym® 435, as a biocatalyst. A three-level–two-factor central composite design combined
with a response surface methodology (RSM) was employed to evaluate the packed-bed bioreactor
with or without ultrasonication on the conversion of DHA + EPA ethyl ester. The highest conversion
of 99% was achieved with ultrasonication at the condition of 1 mL min−1 flow rate and 100 mM
DHA + EPA concentration. Our results also showed that the ultrasonic packed-bed bioreactor has a
higher external mass transfer coefficient and a lower external substrate concentration on the surface
of the immobilized enzyme. The effect of ultrasound was also demonstrated by a kinetic model in
the batch reaction that the specificity constant (V′max/K2) in the ultrasonic bath was 8.9 times higher
than that of the shaking bath, indicating the ultrasonication increased the affinity between enzymes
and substrates and, therefore, increasing reaction rate. An experiment performed under the highest
conversion conditions showed that the enzyme in the bioreactor remained stable at least for 5 days
and maintained a 98% conversion.

Keywords: docosahexaenoic acid ethyl ester; eicosapentaenoic acid ethyl ester; lipase; packed-bed
reactor; ultrasonication; kinetics; mass transfer; solvent-free; ethyl acetate

1. Introduction

At present, the global annual production of fish oil is around 1,000,000 tons, and the
global market ofω-3 polyunsaturated fatty acids was valued at USD 2.49 billion in 2019 [1].
As people’s consumption levels improve, the fish oil market continues to grow, and the
amount of fish oil used in health care products is also rapidly expanding. DHA and EPA are
well-known active ingredients in fish oil. Fish oils vary in DHA and EPA levels, depending
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on the source [2], so their value varies greatly. As nutritional supplements, the total content
of DHA and EPA is generally greater than 30%. As a pharmaceutical grade, the total DHA
and EPA content must be over 60% [3]. However, the DHA and EPA content in fish oil is
typically below 30%. Several methods have been used for concentrating ω-3 PUFA to meet
the specifications for health-promoting food or medicine, including urea complexation [4],
molecular distillation [5], supercritical fluid method [6], reverse phase HPLC [7], solvent
fractionation [8], and enzyme method [9].

The concentrated or purified fish oil products rich in DHA and EPA can be divided
into three types according to their chemical structure: (1) glyceride; (2) fatty acid ethyl
ester; (3) free fatty acid (FFA). The glyceride type is commonly sold as a health-promoting
food. For pharmaceutical grade products, high purity is required and usually present as
ethyl esters sold on the market, such as Lovaza® and Vascepa® [10,11]. To increase the
content of DHA and EPA in the fish oil, the concentrated FFA with a high amount of DHA
and EPA can be used as raw material to synthesize into the form of glyceride or ester
through lipase catalyzed esterification, i.e., the transesterification of phophatidylcholine
with PUFA in hexane [12], acidolysis of ethyl acetate (EA) with DHA+ EPA concentrate
in hexane [13], esterification of tuna–FFA with various alcohol [14,15], esterification of
sardine–FFA with glycerol [16].

Lipase-catalyzed esterification was performed in the packed-bed bioreactor [17,18].
The packed-bed bioreactor consists of simple equipment, a pump and a column packed
with immobilized lipase. The reagents are pumped into a long tubular column to react
directly with the immobilized lipase, resulting in high reaction rates and shortened reaction
times to achieve a higher conversion [19,20]. Due to the advantages of high efficiency, lower
energy consumption, minimum reaction volume and convenient operation, the packed-bed
bioreactor is often used in the industry to maximize the efficiency for continuous operation
of enzyme reaction [21]. In addition, ultrasound improves the mass transfer rate [22] and
delivers activation energy to trigger reactions, which is a useful tool to accelerate enzyme re-
actions in different systems [23]. Ultrasonic-assisted enzymatic reactions have been widely
investigated and reported [24,25]. Ultrasonication accelerated lipase-catalyzed acetyla-
tion of resveratrol and their potential kinetic response models were widely reported [26].
Lipase-catalyzed transesterification and esterification reactions were reported that could
proceed with a two-substrate reaction model, ping-pong bi–bi [27] and order bi–bi mecha-
nism [13,28]. In contrast, there are limited data available on the packed-bed bioreactors for
continuous synthesis of DHA and EPA ethyl esters. In particular, DHA and EPA are long
carbon chain FFA; when the enzyme acts on the substrate, it should be in a specific position
to synthesize the DHA and EPA ethyl esters, making the reaction longer.

A solvent-free system means that the reactant also plays the role of solvent in the
reaction. Esters synthesized using solvent-free systems have several advantages, such
as high substrate concentrations, high conversion and less reaction time [29]. The ethyl
acetate (EA) has been used in solvent-free system for the lipase-catalyzed synthesis of
many esters. Lipase-catalyzed transesterification of geraniol to geranyl acetate at a mole
ratio of 1:7 of geraniol to ethyl acetate, obtaining 83% conversion [30]. A high substrate
concentration of 2-phenethyl alcohol (493.4 mM) was reacted with EA in a solvent-free
system to produce 2-phenylethyl acetate, and a conversion of 97.64% was achieved at
reaction time of 3.07 h [31]. In a previous study, we used lipase-catalyzed transesterification
of EA with DHA and EPA concentrate in n-hexane to obtain in DHA and EPA ethyl
ester [13]. Therefore, a solvent-free system employing the reactant EA as the solvent for
the transesterification reaction to synthesize DHA and EPA ethyl esters was explored. It
should accelerate the reaction to the direction in which the product is synthesized.

In this study, a packed-bed bioreactor was developed for the continuous synthesis of
DHA and EPA ethyl esters using a solvent-free system. For understanding the relation-
ship between conversion, flow rate and substrate concentration, we applied the central
composite design and response surface methodology (RSM). More specifically, the mass
transfer effects on the performance of the packed bed bioreactor with ultrasonication were
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also studied. Besides, we developed a kinetic model to evaluate ultrasonication’s effects
on the lipase-catalyzed synthesis of DHA and EPA ethyl esters. Finally, the stability of the
packed-bed bioreactor was evaluated under long-term operation.

2. Results and Discussion
2.1. Effect of Ultrasonication on DHA and EPA Ethyl Ester Synthesized Using Lipase
Packed-Bed Bioreactor

Figure 1 shows a diagram of the apparatus. The column packing with immobilized
lipase was placed in a temperature-controlled ultrasonic bath. The DHA + EPA concentrate
was well mixed with EA in a feeding flask. The experimental design is based on the
three-level–two-factor central composite design as shown in Table 1. Initially, the lipase-
catalyzed synthesis of DHA + EPA ethyl ester was carried out at a reaction temperature of
60 ◦C with a flow rate of 1 to 5 mL min−1, without ultrasonication or with ultrasonication.
Zanwar and Pangarkar have reported that the mass transfer coefficient was increased
with acoustic power [32]. Therefore, the ultrasonic bath was set at 100% output power.
The substrate mixture was fed through the column using a reciprocating piston pump.
The HPLC analysis of reactants and products eluting from the packed-bed bioreactor is
shown in Figure 2a,b, respectively. After lipase catalysis, the DHA + EPA concentrate was
mostly converted into DHA + EPA ethyl ester, as shown in Table 1. The highest conversion
was 98.84% in treatment 1 (DHA + EPA 100 mM, flow rate 1 mL min−1), and the lowest
conversion was 86.61% in treatment 10 (DHA + EPA 500 mM, flow rate 5 mL min−1) for the
packed-bed bioreactor. In the contrast, the ultrasonic packed-bed bioreactor had the highest
conversion of 99.21% in treatment 1 and the lowest conversion of 93.03% in treatment
10. As a result, the ultrasonication-improved synthetic conversion was obtained for all
treatments in Table 1. These results showed that ultrasonication can effectively enhance the
synthesis of DHA + EPA ethyl ester in the packed-bed bioreactor and can obtain a higher
conversion when it operates at higher substrate concentration and higher flow rates.
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Table 1. Central composite design and experimental conversion of DHA + EPA ethyl ester from the
packed-bed bioreactor and ultrasonic packed-bed bioreactor.

Treatment
No.

Factor Conversion (%)

x1
Flow Rate

(mL min−1)

x2
DHA + EPA

(mM)

Packed-Bed
Bioreactor

Ultrasonic
Packed-Bed
Bioreactor

1 −1 a (1) −1 (100) 98.84 ± 0.05 99.21 ± 0.00
2 −1 (1) 0 (300) 97.01 ± 1.30 97.61 ± 0.03
3 −1 (1) 1 (500) 95.49 ± 0.42 97.34 ± 0.10
4 0 (3) −1 (100) 96.59 ± 0.91 98.82 ± 0.01
5 0 (3) 0 (300) 95.48 ± 0.94 96.34 ± 0.19
6 0 (3) 0 (300) 95.13 ± 0.14 96.00 ± 0.05
7 0 (3) 1 (500) 91.79 ± 1.33 95.69 ± 0.32
8 1 (5) −1 (100) 95.51 ± 0.35 96.74 ± 0.61
9 1 (5) 0 (300) 92.41 ± 1.03 94.50 ± 0.66

10 1 (5) 1 (500) 86.61 ± 1.28 93.03 ± 1.55
a The values −1, 0 and 1 are coded levels.
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The second-order polynomial Equations (1) and (2) were obtained from the Design-
Expert software by fitting the data in Table 1.

Y1 (%) = 97.985136 + 0.088092x1 + 0.008523x2 − 0.074570x1x1 − 0.003473x2x1 − 0.000020509x2x2 (1)

Y2 (%) = 100.683977 + 0.172551x1 − 0.015220x2 − 0.108444x1x1 − 0.001154x2x1 + 0.000019055x2x2 (2)

where Y1 is the conversion of DHA + EPA ethyl ester synthesized using a packed-bed
bioreactor; Y2 is the conversion of DHA + EPA ethyl ester synthesized using an ultrasonic
packed-bed bioreactor; x1 is the concentration of DHA + EPA (100–500 mM), x2 is the flow
rate (1–5 mL min−1).

According to the results of the analysis of variance (ANOVA) data in Table 2, the
polynomial model can adequately describe the actual relationship between response and
significant variables, as indicated by a significant total model for p < 0.05, and a satisfactory
coefficient of determination (R2 = 0.99). Moreover, the ANOVA results indicate that the
linear term and interaction term had a significant influence (p < 0.05) on responses for both
models. The quadratic terms had less influence (p > 0.05), except for the quadratic terms of
Equation (2) (p < 0.05).
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Table 2. Analysis of variance (ANOVA) analysis for continuous lipase-catalyzed synthesis of DHA + EPA
ethyl ester by packed-bed bioreactor and ultrasonic packed-bed bioreactor.

Factor a

Packed-Bed Bioreactor
(Y1)

Ultrasonic Packed-Bed Bioreactor
(Y2)

Degree of
Freedom

Sum of
Squares Prob > F Degree of

Freedom
Sum of
Squares Prob > F

Model 5 105.27 0.0009 * 5 31.35 0.0004 *
Linear term

x1 1 47.12 0.0004 * 1 16.31 0.0001 *
x2 1 48.40 0.0004 * 1 12.61 0.0002 *

Quadratic
x11 1 0.21 0.5053 1 0.44 0.0735
x22 1 1.57 0.1147 1 1.36 0.0133 *

Interaction
x2x1 1 7.72 0.0112 * 1 0.85 0.0284 *

R2 = 0.99 R2 = 0.99
a Independent variable x1: flow rate, x2: DHA + EPA concentration. * Significant at p-Value less than 0.05.

The response surface plots of the packed-bed bioreactor show the effect of the DHA + EPA
concentration and flow rate on the conversion as shown in Figure 3a. The conversion was
only ~87% when the flow rate was 5 mL min−1 and the DHA + EPA concentration was
500 mM. However, the conversion was ~98% when the flow rate was decreased to 1 mL
min−1 and the DHA + EPA concentration was decreased to 100 mM. In contrast, the conver-
sions of DHA + EPA ethyl ester for the ultrasonic packed-bed bioreactor (Figure 3b) were
~93% at a flow rate of 5 mL min−1 and DHA + EPA concentration of 500 mM and ~99%
at a flow rate of 1 mL min−1 and DHA + EPA concentration of 100 mM, the conversion
was higher than that of the packed-bed bioreactor at the same flow rate and DHA + EPA
concentration. Therefore, ultrasonication can significantly improve the efficiency for the
synthesis of DHA/EPA ethyl ester, allowing the packed-bed bioreactor to operate at higher
concentrations and flow rates. Stavarache et al. used base-catalyzed synthesis of biodiesel
with low-frequency ultrasonic waves (28 and 40 kHz); the time required for ultrasonic
synthesis was shorter [33]. Ji et al. studied soybean oil transesterification using alkali
as a catalyst to produce biodiesel with ultrasonication; the highest yield of 100% can be
obtained within the reaction time of 10–30 min [34]. Liu et al. compared the effect of
lipase-catalyzed hydrolysis of soy oil in a shaking bath and in an ultrasonic bath. The
overall hydrolysis reaction rate in the ultrasonic bath was above 2-fold than that in the
shaking bath [35]. Yu et al. conducted the transesterification of soybean oil and methanol
with Novozym® 435 to synthesize biodiesel and discussed the effect of vibration speed
and ultrasonication. The authors found that enzymes work at a vibration speed of 50 rpm
with ultrasonication; a yield of 96% can be obtained in 4 h [36]. Patchimpet et al. reported
that ultrasonic irradiation coupled with stirring enhanced the transesterification with the
highest yield of 97.59% [37]. Our experimental results may be shown in the same way as
the results of the above literature. It is deduced that ultrasonication can assist the enzymatic
reaction, which increases the reaction rate and decreases the reaction time.
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Figure 3. Response surface plots show the mutual effects of DHA + EPA concentration and flow rate 

on the conversion for (a) packed-bed bioreactor and (b) ultrasonic packed-bed bioreactor. 
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Figure 3. Response surface plots show the mutual effects of DHA + EPA concentration and flow rate
on the conversion for (a) packed-bed bioreactor and (b) ultrasonic packed-bed bioreactor.

2.2. Mass Transfer Kinetic Model of an Ultrasonic Packed-Bed Reactor

It is possible to determine a mass transfer limited model of a packed-bed bioreactor
based on the mass balance of DHA + EPA in the column and the mass transfer rate of
DHA + EPA from the bulk fluid to the surface of the immobilized enzyme. The mass
transfer limited model is as follows:

VdS
AxdZ

= −km · am(S− Si) (3)

where V is the substrate flow rate (mL min−1), Ax is the cross-sectional area of column
(cm2), dS/dZ is the concentration gradient along the column length (mM cm−1), Z is the
column length (cm), km is the external mass transfer coefficient (cm min−1), am is area of
mass transfer (cm2 cm−3), S is DHA + EPA concentration in the bulk liquid (mM), and Si is
DHA + EPA concentration at the external surface of the immobilized enzyme (mM) under
mass transfer condition.

Equation (3) uses the boundary conditions as Z = 0; S = S0; Z = h; S = Si to obtain
Equation (4).

ln(
S0 − Si
S− Si

) =
km · am · Ax · Z

V
(4)

The km can be obtained by plotting ln(S0 − Si/S − Si) versus amAxZ/V. The experi-
mental data obtained from response surface plots were then used to plot the graphs for the
mass transfer limited model. The value of Si was obtained by fitting the data to Equation (4),
which gives a high value of R2. Figure 4 is an example to show a plot ln(S0 − Si/S − Si)
versus amAxZ/V for the mass transfer limited condition at a DHA + EPA concentration of
500 mM. In this way, the best fit of Si value gives the highest value of R2 for packed-bed
bioreactor and ultrasonic packed-bed bioreactor listed in Table 3. In both bioreactors, km
decreased and Si increased with increasing substrate concentration. Similar results have
been reported by Todero et al. in the case of the enzymatic synthesis of isoamyl butyrate
under optimal experimental conditions [38]. In addition, our results also showed that the
ultrasonic packed-bed bioreactor had a higher external mass transfer coefficient km and a
lower Si as compared to the packed-bed bioreactor. At this stage, the mass transfer model
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experiments confirmed that ultrasonication could indeed assist the action of enzymes,
which was reflected in the increase in the reaction rate and the higher conversion.
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Table 3. km and Si obtained from Equation (5) for packed-bed bioreactor and ultrasonic packed-bed
bioreactor operated at a different substrate concentration.

DHA + EPA
Conc.
(mM)

Packed-Bed Reactor Ultrasonic Packed-Bed Reactor

km
(cm min−1)

Si
(mM) R2 km

(cm min−1)
Si

(mM) R2

100 0.0138 1.66 0.99 0.0163 0.68 0.99
300 0.0123 6.60 0.99 0.0140 7.20 0.99
500 0.0112 21.50 0.99 0.0133 13.00 0.99

2.3. Continuous Synthesis of DHA + EPA Ethyl Ester by Packed-Bed Bioreactor with
Long-Term Operation

In the batch reactor, the by-product, acetic acid, is produced continuously and accu-
mulates in the reactor. It has been reported that the high acid concentration may cause
enzyme inhibition [39,40]. Unlike batch reactors, by-products continually flow out of the
packed-bed bioreactor, and there is no accumulation of by-products in the reactor. There-
fore, the reusability and productivity of enzymes are better when used in continuous
production than that in batch production [41]. In this way, the experiments in this section
were to test the long-term stability of the packed-bed bioreactor for the continuous synthesis
of DHA + EPA ethyl ester. Because the long-term operation required a large amount of
DHA + EPA concentrate, the long-term operation was carried out at a low flow rate and low
DHA + EPA concentration. In the packed-bed bioreactor or ultrasonic packed-bed bioreac-
tor, the bioreactors were in continuous operation for 5 days at a DHA + EPA concentration
of 100 mM, a flow rate of 1 mL min−1 and a temperature of 60 ◦C. The results are shown in
Figure 5. After continuous operation for 5 days, the conversion remained at 98% without
a downtrend. The reason for no difference in conversion between ultrasonic packed-bed
and packed-bed bioreactors is that the experiments were operated at a low flow rate and
low DHA + EPA concentration. The conversion is proportional to the residence time of
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the substrate in the packed-bed bioreactor and is inversely proportional to the substrate
concentration. A lower flow rate indicated that the substrate had sufficient residence time
to fully convert to product, so the benefit of ultrasonication cannot be seen. However, oper-
ating under conditions of high flow rate (5 mL min−1) and high substrate concentration
(500 mM), as shown in Figure 3a,b, due to insufficient residence time, the conversion of
the packed-bed bioreactor was 86.61%, while the conversion of the packed-bed bioreactor
was 93.03%. Under the conditions of high substrate concentration and high flow rate, the
ultrasound showed a significant positive impact on reaction conversion. Zenevicz et al. [42]
found that the enzymatic production of ethyl esters in continuous mode coupled with an
ultrasound bath increased conversion from 87% to 95%, which is consistent with our results.
Furthermore, the long-term operation showed the packed-bed bioreactor was very stable.
This result confirmed Novozym® 435 is suitable for the packed-bed bioreactor for contin-
uous production of DHA + EPA ethyl ester. The packed-bed bioreactor is a continuous
operation system, which is superior to batch production in terms of enzyme utilization
and production cost and has good feasibility for future application in production capacity
or industrial mass production. It should be kept in mind that mass production required
the operating conditions of flow rate and substrate concentration as high as possible. Our
results confirmed that the use of ultrasound improved the conversion effectively when
production of DHA + EPA ethyl ester operated at a higher flow rate or substrate concen-
tration. In addition, extending the length of the column to increase the residence time of
the substrate, or connecting the columns in series, can also achieve the effect of improving
the conversion [43,44].
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tor for continuous synthesis of DHA + EPA ethyl ester. 

2.4. Recovery of DHA/EPA Ethyl Ester 

Figure 5. Long-term operation of • packed-bed bioreactor and # ultrasonic packed-bed bioreactor
for continuous synthesis of DHA + EPA ethyl ester.

2.4. Recovery of DHA/EPA Ethyl Ester

An amount of 100 mL of the product produced by the ultrasonic packed-bed bioreactor
using a DHA + EPA concentration of 100 mM after 5 days of operation as described in
Section 2.3 was collected for recovery of DHA + EPA ethyl ester. The vacuum rotary
evaporator was used to remove ethyl acetate and acetic acid at 80 ◦C; a 3.15 g of DHA + EPA
ethyl ester was obtained with a yield of 96%, and a conversion of 98%. Next, the ultrasonic
packed-bed bioreactor was operated at 60 ◦C with increasing DHA + EPA concentration to
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500 mm and flow rate to 5 mL min−1. A 15.9 g of DHA + EPA ethyl ester was obtained,
with a yield of 97% and a conversion of 93%. It can be seen from the recovery results that
when the conversion is high enough, the purified product can be easily obtained.

2.5. Evaluate the Ultrasonication Effect by the Kinetic Model in the Batch Reaction

In the packed-bed bioreactor, the substrate was reacted in the presence of excess
enzymes. In order to further examine the effect of ultrasonication, we performed enzyme
kinetic studies in the batch reaction with trace amount of enzyme. The lipase-catalyzed
synthesis of ester is a two-substrates reaction. The kinetic mechanism of the dual substrate
reaction is more complicated as compared with one substrate reaction. Generally, three
mechanisms can be used to describe the multi-substrate enzyme-catalyzed reaction: the
ping-pong Bi–Bi mechanism, the ordered mechanism and the random order mechanism. In
the first mechanism, the first substrate is combined with the enzyme to form a substituted
enzyme intermediate and release the first product. As the second substrate interacts with
the substituted enzyme intermediate, the second product is produced, and the native
enzyme is regenerated. The latter two mechanisms are before the release of the product;
the enzyme must be fully combined with the substrate to react, and then the product will
appear. Our previous studies have shown that lipase-catalyzed transesterification can be
represented by an ordered mechanism [28]. The kinetic model is as follows:

ν =
Vmax[A][B]

KdAKmB + KmB[A] + KmA[B] + [A][B]
(5)

where v is the initial reaction rate, Vmax is the maximum initial reaction rate, [A] is the
initial concentration of DHA + EPA, [B] is the initial concentration of EA, and KmA and KmB
are the Michaelis constants for DHA + EPA and EA, respectively. KdA is the dissociation
constant of the DHA + EPA–lipase complex.

Equation (5) can be arranged into the following equation by combining the parameters:

ν =
VmaxK1[A]

K2 + [A]
(6)

where K1 = [B]
KmB+[B] K2 = KdAKmB+KmA[B]

KmB+[B] , let V′max = VmaxK1, obtain Equation (7) that is
similar to Michaelis–Menten equation.

ν =
V′max[A]

K2 + [A]
(7)

Therefore, the kinetic model of the reaction is only related to the concentration of
DHA + EPA. This particular kinetic model can be used to analyze lipase-catalyzed reactions
in solvent-free systems, such as esterification of formic acid [45], synthesis of amyl levuli-
nate [46], synthesis of monoglyceryl phenolic acids [47], synthesis of ethyl valerate [48],
synthesis of geranyl acetate [49]. Since the solvent concentration is saturated and much
greater than the substrate concentration, the solvent concentration can be regarded as a
constant. Thus, the kinetic parameters can be obtained by using the Lineweaver–Burk
plot method [50].

Lipase-catalyzed synthesis of DHA + EPA ethyl esters was performed using different
DHA + EPA concentrations (50–400 mM) in EA. The reactions were carried out in a shaking
bath at 150 rpm or in an ultrasonic bath at 37 Hz, respectively. According to Equation (7),
plot the reciprocal initial reaction rate (1/v) versus the reciprocal substrate concentrations
(1/[A]) (i.e., Lineweaver–Burk plot) is shown in Figure 6. An acceptable value of the
determination coefficient (R2 = 0.98) confirmed the fitness of the kinetic Equation (7). The
Lineweaver–Burk plot showed both curves were linear and no upward curve at high sub-
strate concentrations (lower 1/[A]), indicating that the substrate inhibition did not occur in
this solvent-free system at high concentrations of DHA + EPA. Moreover, the kinetic param-
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eters can be obtained from the slope and intercept in Figure 6. The values of the apparent
Michaelis constant (K2), apparent maximum initial reaction rate (V′max) and specificity
constant (V′max/K2) were 960.02 mM, 11.76 mM min−1 and 0.012 min−1, respectively, for
shaking bath, and 715.98 mM, 76.92 mM min−1 and 0.107 min−1 for ultrasonic bath. The
V′max of the lipase-catalyzed synthesis of DHA/EPA ethyl ester in the ultrasonic bath
increased about 6.54 times, while the K2 decreased. K2 represents the affinity of enzymes
and substrates; the smaller K2 means the greater affinity of the enzyme and the substrate.
The ultrasonic bath showed lower K2 indicating that the ultrasonication increased the sub-
strate affinity toward immobilized lipase. V′max/K2 can be used to express the specificity
constant, which reflects both affinity and catalytic ability [28,51,52]. The ultrasonic bath
showed 8.9 times higher V′max/K2 value than that of the shaking bath, indicating that
ultrasonication highly enhanced the efficiency of lipase-catalyzed transesterification. The
higher reaction rate increased by ultrasonication can shorten the reaction time. Lipase-
catalyzed synthesis of cetyl oleate with ultrasonication has been reported to reduce reaction
time by about 75% [53]. Ultrasonication-assisted lipase-catalyzed synthesis of cinnamyl
acetate also found that the reaction time for the maximum conversion was reduced from
60 min to 20 min [54].
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Figure 6. Lineweaver–Burk plot of reciprocal initial reaction rate versus reciprocal concentrations 
of DHA + EPA concentrate for lipase-catalyzed transesterification in ● shaking bath and ○
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Figure 6. Lineweaver–Burk plot of reciprocal initial reaction rate versus reciprocal concentrations of
DHA + EPA concentrate for lipase-catalyzed transesterification in • shaking bath and # ultrasonic bath.

3. Materials and Methods
3.1. Materials

Immobilized lipase (Novozym® 435, 10,000 PLU U/g; propyl laurate units) was
purchased from Novo Nordisk Bioindustrials Inc. (Copenhagen, Denmark). As described
previously [8,13], DHA + EPA concentrate with an average molecular weight of 312 was
produced from cobia liver oil by fractionating fatty acids salts using acetone. There was
54.4% DHA, 16.8% EPA, 7.0% docosadienoic acid, 14.2% oleic acid, 0.8% linoleic acid,
0.5% linolenic acid, 3.1% palmitoleic acid, 2.7% palmitic acid and 0.5% myristic acid
in DHA + EPA concentrate. Ethyl acetate (99.8%) was produced by Merck (Darmstadt,
Germany). cis-4,7,10,13,16,19-Docosahexaenoic acid and cis-5,8,11,14,17-eicosapentaenoic
acid used for analysis were purchased from Acros (Fair Lawn, NJ, USA) and TCI Co.,
LTD. (Tokyo, Japan), respectively. All chemicals and reagents used in this study were of
analytical grade, unless otherwise noted.

220



Catalysts 2022, 12, 404

3.2. Continuous Synthesis of DHA and EPA Ethyl Ester in Packed-Bed Bioreactor

The apparatus of the packed-bed bioreactor is shown in Figure 2. The packed-bed biore-
actor was implemented in a stainless-steel column at 60 ◦C. The stainless-steel column was
25 cm in length with an inner diameter of 0.25 cm and packed with 1.3 g of Novozym® 435.
The upper and lower end of the column was layered with a 2 µm filter. The flow rates were
controlled by a Hitachi Pump (L-2130, Hitachi, Tokyo, Japan). The ultrasonic packed-bed
bioreactor was carried out in the ultrasonic bath and operated at 37 kHz with 100% output.
A feeding flask containing various concentrations of DHA + EPA (100–500 mM) in EA was
thoroughly mixed before reaction. The reaction mixture in the feeding flask was pumped
continuously into the column under designed flow rates (1–5 mL min−1). The product was
collected at the end of the column. After each experiment, ethyl acetate was used to flush
the column at a flow rate of 1 mL min−1 for 30 min.

3.3. Experimental Design

In this study, the three-level-two-factor central composite design was employed, and
the experiments were carried out in a packed-bed reactor or ultrasonic packed-bed biore-
actor at 60 ◦C. The experimental variables were DHA + EPA concentration (100–500 mM),
mixture flow rate (1–5 mL min−1), as shown in Table 1. The experimental data (Table 1)
were analyzed by Design-Expert software 8.0 (StatEase Inc., Minneapolis, MN, USA) to fit
the following second-order polynomial equation:

Y = β0 + β1X1 + β2X2 + β12X1X2 + β11X2
1 + β22X2

2

where Y is the response (conversion of DHA+EPA ethyl ester; %), β0 is the constant term; β1
and β2 are coefficients of the linear effects, β11 and β22 are coefficients of quadratic effects and
β12 is coefficients of interaction effects; X1 and X2 are the uncoded independent variables.

3.4. Measure Initial Rate of DHA and EPA Ethyl Ester Synthesized in the Batch Reaction

Various amounts of DHA + EPA concentrate were added with EA to a total volume
of 3 mL to make the solution concentration of 50–400 mM. Then, 20 mg immobilized
lipase Novozym® 435 was added to 3 mL of the reaction mixture. The reactions were
performed at 60 ◦C for 5 min and 20 min with or without ultrasonication, respectively.
The ultrasonic bath (Elmasonic P 70 H, Elma, Siegen, Germany) was operated at 37 kHz
with 100% output power. A liquid sample was withdrawn from the reaction mixture to
determine the production of DHA + EPA ethyl ester using HPLC after the reaction. Initial
reaction rates are expressed as produced DHA + EPA ethyl ester mM per min (mM min−1).
The V′max and K2, were obtained from the Lineweaver–Burk plot.

3.5. Analytical Methods

Inertsil ODS-3 column (5 µM, 250 mm × 4.6 mm) and HPLC system, consisting of a
Hitachi L-2130 HPLC pump and a Hitachi L-2420 UV/VIS detector (Hitachi, Tokyo, Japan),
were used to analyze the samples. Deionized water and methanol containing 0.1% acetic
acid were used for eluting the sample. From 80% to 100% methanol, gradient elution was
carried out for 10 min, followed by 20 min at 100% methanol. Flow rate and wavelength
were both set to 1.0 mL min−1 and 303 nm, respectively. The conversion (%) was calculated
from the peak areas of the substrate (DHA + EPA) and product (DHA + EPA ethyl ester).

4. Conclusions

Continuous synthesis of DHA + EPA ethyl ester using a lipase packed-bed bioreactor
was successfully studied. The benefits of ultrasonication in increasing the reaction rate
were successfully demonstrated in both kinetic and mass transfer models. A three-level–
two-factor central composite design and RSM were employed for the experimental design
and data analysis. A model for the DHA + EPA ethyl ester synthesis was established. With
ultrasonication, the highest conversion of 99% was obtained with ultrasonication to be
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a flow rate of 1 mL min−1, and substrate concentration of 100 mM. The mass transfer
rates could be increased by ultrasonication. Therefore, when the substrate concentration
increased to 500 mM and the flow rate increased to 5 mL min−1, the conversion rate still is
maintained at 93%. The ultrasonic packed-bed bioreactor used for continuous synthesis
of DHA + EPA ethyl ester was quite stable under long-term operation, and no reduction
in conversion was observed. The high conversion makes the product easy to recover.
Therefore, an ultrasonic packed-bed bioreactor combined with a solvent-free system has
the potential to be utilized in industrial applications for the continuous production of
DHA + EPA ethyl ester. In addition, we also successfully developed an apparent Michaelis–
Menten equation that can be used to compare the efficiency of lipase-catalyzed reactions
under different reactor operations.
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Abstract: Trypsin is a long-known serine protease widely used in biochemical, analytical, biotechno-
logical, or biocatalytic applications. The high biotechnological potential is based on its high catalytic
activity, substrate specificity, and catalytic robustness in non-physiological reaction conditions. The
latter is mainly due to its stable protein fold, to which six intramolecular disulfide bridges make a
significant contribution. Although trypsin does not depend on cofactors, it essentially requires the
binding of calcium ions to its calcium-binding site to obtain complete enzymatic activity and stability.
This behavior is inevitably associated with a limitation of the enzyme’s applicability. To make trypsin
intrinsically calcium-independent, we removed the native calcium-binding site and replaced it with
another disulfide bridge. The resulting stabilized apo-trypsin (aTn) retains full catalytic activity as
proven by enzyme kinetics. Studies using Ellmann’s reagent further prove that the two inserted
cysteines at positions Glu70 and Glu80 are in their oxidized state, creating the desired functional
disulfide bond. Furthermore, aTn is independent of calcium ions, possesses increased thermal and
functional stability, and significantly reduced autolysis compared to wildtype trypsin. Finally, we
confirmed our experimental data by solving the X-ray crystal structure of aTn.

Keywords: protease; trypsin; calcium-binding; enzyme engineering

1. Introduction

In nature, the serine protease trypsin (EC 3.4.21.4) is involved in the digestive hydrol-
ysis of proteins into peptides in many vertebrates and has been used widely in various
biotechnological processes. The enzyme cleaves peptide bonds on the carboxyl side of
lysine and arginine. Catalytic activity is mediated by three highly conserved residues corre-
sponding to the catalytic triad H57, D102, and S195 (chymotrypsinogen numbering) [1,2].
Like many other proteases, trypsin is synthesized as an inactive zymogen and converted
into the active enzyme by limited proteolytical cleavage between Arg15 and Ile16 [3]. This
cleavage induces conformational changes in the enzyme by forming a salt bridge between
Ile16 and Asp194. This interaction stabilizes the substrate-binding site and the oxyanion
hole, solidifying the transition state negative charge of the scissile peptide bond carbonyl
oxygen [4,5]. The stability of the active state of trypsin is commonly mediated by three
disulfide bonds (C42-C58, C168-C182, and C191-C220), which mainly contribute to the high
catalytic activity, substrate specificity as well as catalytic robustness in non-physiological
reaction conditions [6]. Furthermore, the enzyme has no need for cofactors, which is crucial
for many applications.

Nevertheless, trypsin is highly dependent on Ca2+-ions [7]. There are two calcium-
binding sites within the enzyme. The first one is localized in the zymogenic peptide and
necessary for activation processes via enterokinase. The other calcium-binding site is
localized in the calcium-binding loop (CBL) and is necessary for the enzyme’s activity. The
absence of calcium ions leads to a considerable increase in autodigestion [8]. Furthermore,
a temperature-dependent trypsin activation by calcium ions can be observed [7]. This
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Ca2+-induced thermal stability is also described for other proteases like thermolysin or
subtilisins [9,10].

One of the most striking uses of trypsin is the detachment of adherent cells from
culture flasks in animal cell cultures. Since exogenous calcium causes cell differentiation
and inhibition of proliferation, trypsin is used with EDTA for this application [11]. Since
trypsin activity and stability are Ca2+ dependent, the use of EDTA makes it necessary to
increase the amount of enzyme, which could alter the physiology, protein expression, and
metabolism of cultured cells [12].

Besides cell culture, trypsin is also the most used enzyme in proteomics. Its cleavage
carboxyterminal of Arg and Lys results in a positive charge at the peptide C-terminus, being
advantageous for MS analysis [13]. Furthermore, some MS applications would profit from
a Ca2+-free buffer system due to the prevention of insoluble salts resulting in a possible
decrease of ion signals due to buffer-induced ionization suppression [14].

The insertion of artificial cysteines forming cross-linkage within the protein of interest
to increase stability is valuable in protein chemistry [15–17]. In the case of subtilisin, the
deletion of the calcium-binding loop leads to a drastic stability reduction, which can be
restored by inserting a disulfide bridge within the enzyme [18]. This work demonstrates
that reduced stability in subtilisin can be compensated by inserting a disulfide bridge. In
the present work we were able to show that in trypsin the calcium binding site can even
be directly replaced by a disulfide bridge, and thus a more stable, calcium-independent
trypsin variant was generated.

2. Results and Discussion
2.1. Biosynthesis and Titration of Free Thiols

In the CBL of anionic rat trypsin II (Tn), the Ca2+-ion is coordinated by electrostatic
interactions with the side chain of Glu70 and Glu80 and the backbone carbonyl oxygens
of Asn72 and Val75 (Figure 1b) [19]. The distance between Cα atoms of Glu70 and Glu80
is 5.6 Å and fits ideally to the length of a disulfide bond. This fact, and a relatively
high conservation score of six (determined by the bioinformatics analysis with Consurf,
Figure 1a), encouraged us to create a trypsin variant with an additional disulfide bridge at
this position [20]. Therefore, a calcium-independent, stabilized apo-trypsin (aTn) bearing
the amino acid substitutions E70C and E80C was generated by site-directed mutagenesis,
expressed as inactive zymogen in Saccharomyces cerevisiae, and finally purified and activated
by enterokinase. To prove the concept, wildtype Tn (wt-Tn) and a single cysteine variant
(mC-Tn) bearing a single E70C mutation were chosen as controls. Both enzyme variants
were generated similarly to aTn.
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Figure 1. Level of conservation and localization of the CBL of trypsin. (a) Illustration of the degree of
conservation of trypsin. Highly conserved residues are shown in red and variable residues are shown
in blue. (b) Depiction of the CBL of anionic rat trypsin II. The coordinating residues Glu70, Asn72,
Val75, and Glu80 are shown in green and the stick form. Additionally, electrostatic interactions, as
well as Ca2+, are shown in magenta. For analysis and the depiction, the pdb-file 1ITZ was used.
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After biosynthesis and preparation, Tn species were investigated for the presence of
free thiol functionalities, to indirectly determine the formation of disulfide bonds. Therefore,
free thiols were titrated with Ellmann’s reagent (DTNB: 5,5’-dithio-bis-(2-nitrobenzoic
acid)), which enables detection of reduced cysteine side chains by converting DTNB to
2-nitro-5-thiobenzoate, which can be quantified spectrophotometrically (Figure S1) [21].
In the case of wt-Tn, no absorption signal at 412 nm, correlating to thionitrobenzoic acid
products, was detected. This result implies that all 12 cysteines are disulfide-bridged
(Table 1, Figure S2). In contrast, 65% of mC-Tn have a free sulfhydryl moiety, indicating
that the artificial cysteine is not involved in forming an intramolecular disulfide bridge. It
can be assumed that the remaining 35% are involved in the formation of intermolecular
disulfide bonds, resulting in the formation of dimers. This assumption is also confirmed by
non-reducing SDS-PAGE (Figure S3). The aTn variant shows a proportion of free cysteines
of only 4.1%, indicating that almost every one of the 14 cysteine side chains is involved
in disulfide bond formation. Thus, we have generated a trypsin species containing seven
disulfide bridges.

Table 1. Overview of the catalytic parameters for Bz-Arg-AMC turnover and proportion of free thiol
(SHfree) species for Tn variants.

aTn wt-Tn mC-Tn

KM (µM) a 56.7 ± 2.8 70.2 ± 3.7 54.9 ± 4.8
kcat (s−1) a 0.11 0.15 0.07

kcat/KM (M−1 s−1) a 1900 ± 200 2100 ± 200 1300 ±200

SHfree (%) b 4.1 0 65
a Kinetic parameters were determined at 30 ◦C in 100 mM HEPES (pH 7.8), 100 mM NaCl, and 10 mM CaCl2 using
16 nM of Tn variants and varying Bz-Arg-AMC from 5 to 200 µM. Hydrolysis was monitored via fluorescence
(λex=381 nm, λem=455 nm) b Determination of free thiols was carried out by following the procedure described by
Ellman [21]. Errors represent the standard deviation of three technical replicates.

2.2. Enzymatic Activity

Enzymatic activity of wt-Tn, mC-Tn, and aTn was determined for the substrate Bz-
Arg-AMC (benzoyl-arginyl-7-amido-4-methylcoumarin, Figure S4). Enzymatic cleavage of
the carboxamide bond between Arg and AMC releases 7-amino-4-methylcoumarin, which
results in an increased fluorescence signal (λex = 381 nm, λem = 455 nm). According to the
Michaelis-Menten-kinetics, trypsin species were characterized by analyzing the kinetic
parameters of the hydrolysis, namely kcat, KM, and kcat/KM. The v/S-plots are depicted in
Figure S5, and the corresponding kinetic parameters are summarized in Table 1. As a result,
the presence of artificial cysteine residues in the CBL does not influence the enzymatic
activity of trypsin. Furthermore, KM and kcat are in the same order of magnitude for all Tn
variants. However, the KM value for wt-Tn is slightly higher (KM = 70 µM) than the cysteine
variants mC-Tn and aTn (KM = 55-57 µM). On the other hand, the kcat of wt-Tn is marginally
higher (kcat = 0.15 s−1) than for aTn (kcat = 0.11 s−1). aTn also shows a slightly higher
kcat value than the single cysteine variant mC-Tn (kcat = 0.07 s−1). In general, all kinetic
constants determined in this work are in the same order of magnitude as described in the
literature for bovine trypsin (Tn(bov)) and the aforementioned Bz-Arg-AMC substrate [22].

Determination of Ca2+-dependency on the activity and stability of wt-Tn and aTn was
carried out after 16 h incubation in the presence and absence of Ca2+ and subsequent activity
measurements (Figure 2a). Reaction mixtures without Ca2+ were additionally treated with
EDTA to remove remaining calcium ions by chelation. The incubation in the presence
of Ca2+ leads to an expectable reduction of activity (Arel, wt-Tn = 80%; Arel, aTn = 81%),
resulting from autolytic processes. On the contrary, in the absence of Ca2+ (which was
supported by the addition of EDTA) the activity of aTn (Arel = 81%) is nearly unchanged
(Figure 2a). At the same time, the activity of wt-Tn is drastically reduced by 41%. This effect
is explained by an increased autolysis rate due to the missing Ca2+ in the case of wt-Tn,
indicating that aTn benefits from the artificial disulfide bond [23]. In addition, the disulfide
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bridge also contributes to increased thermal stability. Corresponding measurements were
carried out with the appropriate trypsinogen variants and at a lowered pH to prevent
autolytic events, which would result in fragmentation of the trypsins during thermal
denaturation. Thermal unfolding and refolding of wt-Tn and aTn was measured by
real-time simultaneous monitoring of internal tryptophane fluorescence at 330 nm and
350 nm differential scanning fluorimetry. Melting curves are depicted in Figure 2b. Melting
temperature increases from 72.4 ◦C in the case of wt-Tn to 81.7 ◦C in the case of aTn in
the presence of Ca2+. A similar stabilizing effect is also observed in the presence of EDTA
(wt-Tn = 71.6 ◦C, aTn = 81.1 ◦C). Furthermore, it was found that the aTn does not seem to
denature completely even at 90 ◦C. Therefore, refolding of aTn is detectable, which is not
the case with wt-Tn.
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Figure 2. Evaluation of the contribution of the E70/80C disulfide bridge in aTn to the calcium
dependence of enzymatic activity and the thermal stability (a) The bar chart shows the influence on
the reduction of the relative activity Arel in the presence and absence (EDTA) of Ca2+ after 16 h in
comparison to the starting activity at 0 h (t0). The activities were related to the respective starting
point (A) of either aTn (shown in black) or wt-Tn (shown in blue). (b) The micro-thermophoresis
method depicts the thermal denaturation of aTn (shown in black) and wt-Tn (shown in blue). Arel

was determined at 30 ◦C in 100 mM HEPES (pH 7.8), 100 mM NaCl, and either 10 mM CaCl2 or
0.2 mM EDTA using 16 nM of Tn variants and 200 µM Bz-Arg-AMC. Unfolding and folding was
monitored using 20 µM trypsin, 10 mM CaCl2 or 0.2 mM EDTA in 20 mM MES, 150 mM NaCl, pH
5.5. The temperature was increased from 40 to 90 ◦C at a ramp rate of 1 ◦C/min. Errors represent the
standard deviation of three technical replicates.

2.3. X-ray Structure Analysis

Anionic rat trypsin sometimes can be challenging to crystallize. One reason is the high
proteolytic activity of the enzyme, which leads to autolysis and thus fragmentation [23].
In addition, rat trypsin variants are sometimes characterized by poor crystallizability.
Therefore, as in previous studies, the sequence-like (sequence similarity 86%, for more detail
see Figure S6) and structurally identical bovine trypsin was used for crystallization [24]. In
addition, all variants were produced as inactive S195A variants to prevent autolysis as well
as optional folding influences by inhibitors. As a positive side effect, this strategy allowed
us to investigate the transferability of the motif between different trypsin species.

After biosynthesis, purification, and refolding of bovine trypsin variants, circular
dichroism spectroscopy was done to prove correct protein folding, as activity measurements
with the S195A mutation were not possible (Figure S7). In addition, thermodynamic
denaturation was examined, showing a 4.2 ◦C increase in stability comparing wt-Tn(bov)
S195A (67.6 ◦C) to aTn(bov) S195A (71.8 ◦C) (Figure S8). This result is similar to the
stabilization effects of rat trypsin variants, although not quite as pronounced.

As a result of crystallization, the structure of aTn(bov) S195A was solved. The resolu-
tion was 1.40 Å, with a completeness of the structure of 98%. Residual 2% correspond to the
region from residue 73 to 79, which could not be resolved (Figures 2 and S9). This region
corresponds to the original CBL. The increased flexibility can be attributed to the missing
Ca2+-induced coordination of the residues Asn72 and Val75. Despite this result, there is
still increased structural integrity created by a new formed disulfide bridge between Cys70
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and Cys80, proven by the electron density map (FoFc and 2FoFc) (Figure 3b). The correct
positioning of the disulfide bond is also verified in the overlay structure of aTn(bov) S195A
and wt-Tn(bov) (Figure S10).
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2.4. Conclusions

Thus, the crystal structure supports the presence of the expected additional disulfide
bridge in trypsin and confirms the activity and stability measurements. Furthermore, we
demonstrated that a disulfide bridge between residue 70 and 80 is formed in both rat and
bovine trypsin. In both cases, this is beneficial for the stability and Ca2+ independence of
the enzyme. This feature emphasizes a potential universal stabilization strategy for the
conformation and catalytic activity of Ca2+-dependent trypsins in numerous applications
such as mass spectrometry and biocatalysis.

3. Materials and Methods
3.1. Construction, Biosynthesis, and Purification of wt-Trypsin and Trypsin Variants

All trypsin variants were generated by site-directed mutagenesis using Pfu DNA
polymerase (Thermo Scientific, Waltham, MA, USA) and either a pST-vector (Tn) or a
pET-vector (Tn(bov)) as described previously [25,26]. All mutations were introduced using
pairs of complementary primers (Table S1). The sequence of all generated constructs was
confirmed by DNA sequencing (LGC Genomics, Berlin, Germany). The gene constructs
of Tn-variants were subsequently cloned into pYT-expression-vector and transformed
into Saccharomyces cerevisiae DLM 101a cells. Biosynthesis, purification of zymogenic Tn,
and subsequent activation using enterokinase (Roche Diagnostics, Mannheim, Germany)
were done as described before [25]. For preventing autolytic processes, Tn variants were
stored in 10 mM HCl at −20 ◦C. For crystallization, Tn(bov) variants were expressed as
catalytic inactive species (S195A). Therefore, the respective pET-vectors were transformed
into Escherichia coli BL21 (DE3) cells. After accumulating the Tn(bov) variants as inclusion
bodies, isolation, refolding, purification, and subsequent activation using enterokinase
were performed using previously established procedures [27]. The overall yield of Tn
variants was 1.5 to 2.1 mg/lculture, while the overall yield of Tn(bov) variants was 0.8 to
2.3 mg/lculture. SDS-PAGE and mass spectrometry confirmed the purity and identity of all
protein variants (Figure S11).

3.2. Activity Measurement of Tn

The activity of Tn and Tn variants was determined while monitoring the hydrolysis
of benzoyl-L-arginine-7-amido-4-methyl coumarin (Bz-Arg-AMC, Bachem, Bubendorf,
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Switzerland) at an F-310 fluorescence spectrometer (Hitachi, Tokio, Japan) [28]. In detail,
16 nM of the corresponding Tn was dissolved in 100 mM HEPES (pH 7.8), 10 mM CaCl2,
100 mM NaCl, and 5-200 µM Bz-Arg-AMC (dissolved in N,N-dimethylformamide). In-
creasing fluorescence was monitored for 5 min at 20 ◦C using an excitation wavelength
of 381 nm and an emission wavelength of 455 nm. The catalytic properties kcat and KM
were determined with the Michealis-Menten-regression from the v/[S]-regression curves
(Figure S5) using Origin8.1 (OriginLab Corporation, Northampton, MA, USA) [29]. To
determine Ca2+-dependency, wt-Tn and aTn were incubated in 100 mM HEPES (pH 7.8),
100 mM NaCl containing either 10 mM CaCl2 or 10 mM EDTA. After 16 h of incubation,
measurements using 16 nM of the corresponding Tn and 200 µM of Bz-Arg-AMC for 5 min
at 20 ◦C were performed.

3.3. Determination of Free Sulfhydryl Groups

Ellman’s protocol was used to determine the number of accessible sulfhydryl function-
alities within all protein variants to verify the correct formation of the disulfide bonds [21,30].
For calibration, a concentration of cysteamine (5–50 µM) was used (Figure S2a). For mea-
surement, 65 µM of the particular trypsin variant was dissolved in 100 mM Tris/HCl
(pH 7.5), and 0.1 mM of DTNB (dissolved in dimethyl sulfoxide) was added. After incuba-
tion for 5 min at room temperature, absorbance was measured at 412 nm with a NOVOstar
plate reader (BMGLabtech, Ortenberg, Germany).

3.4. Determination of Thermostability

Real-time simultaneous monitoring of the internal tryptophane fluorescence at 330 nm
and 350 nm during thermal unfolding and refolding of wt-Tn and aTn was measured
on a Prometheus NT.48 instrument (Nanotemper, Munich, Germany) with an excitation
wavelength of 280 nm [31]. Capillaries were filled with 10 µL of a suspension containing
20 µM of trypsin in presence of CaCl2 (c = 10 mM) and EDTA (c = 0.2 mM), respectively
(in 20 mM MES, 150 mM NaCl pH 5.5). The temperature was increased from 40 to 90 ◦C
at a ramp rate of 1 ◦C/min, with one fluorescence measurement per 0.027 ◦C. The ratio
of the recorded emission intensities (Em350nm/Em330nm) was plotted as a function of the
temperature. The fluorescence intensity ratio and first derivative were calculated with the
manufacturer’s software (PR.ThermControl).

3.5. Crystallization

The protein solution of aTn(bov) S195A was concentrated to a final concentration of
10 mg/mL in 50 mM HEPES/NaOH (pH 7.8), 100 mM NaCl, and 10 mM CaCl2, and crystal-
lized by hanging drop vapor diffusion at 20 ◦C. Equal amounts of the protein solution and
precipitant solution (0.2 M KNO3, pH 6.5, 22% (w/v) PEG 3350) were mixed and incubated
at 20 ◦C. After approximately 14 days, the growth of trigonal crystal was observable.

Diffraction images of a single aTn(bov) S195A crystal were collected using a copper
rotating-anode source (Cu Kα radiation (λ = 1.5418 Å), RA Micromax 007, Rigaku Europe,
Neu-Isenburg, Germany) and a CCD detector (Saturn 944+, Rigaku Europe, Neu-Isenburg,
Germany). Oscillation images were integrated, merged, and scaled using XDS to a resolu-
tion of 1.439 Å (for detailed information, see Table S2) [32]. All datasets were processed
with the HKL2000 suite, and structures were solved using Phaser’s molecular replacement
method using PDB coordinate file 1MTS as a search model [33–35]. Coot and REFMAC5
were used for model building and refinement, respectively [36,37]. PROCHECK ana-
lyzed structure quality [38]. All molecular images were generated by Pymol (Schrödinger,
New York, NY, USA).
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Supplementary Materials: The following supporting information can be downloaded https://www.
mdpi.com/article/10.3390/catal12090990/s1. Figure S1: Determination of free sulfhydryl groups,
Figure S2: Calibration curve and results for the determination of free thiols, Figure S3: Non-reducing
SDS-PAGE of the Tn variants, Figure S4: Hydrolysis of Bz-Arg-AMC, Figure S5: v/[S]-regression
curves of Bz-Arg-AMC conversion catalyzed by diverse trypsin variants, Figure S6: Alignment of the
protein sequences of anionic rat trypsin II and cationic bovine trypsin, Figure S7: Circular dichroism
(CD) measurements of bovine trypsin species, Figure S8: Thermal denaturation of aTn(bov) S195A
and wt-Tn(bov) S195A measured by CD-spectroscopy, Figure S9: Overall structure of aTn(bov) S195A,
Figure S10: Ca2+-binding site of trypsin, Figure S11: SDS-PAGE and mass spectrometry of trypsin
variants, Table S1: Sequences of the primers used for site-directed mutagenesis, Table S2: Overview
of the crystallization data and refinement statistics of aTn(bov) S195A [21,23,27,28,30,35,39–44].
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