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Simple Summary: Spinal cord injury can result in an increased vulnerability to infections, but until

recently the biological mechanisms behind this observation were not well defined. Immunosuppres-

sion and concurrent sustained peripheral inflammation after spinal cord injury have been observed in

preclinical and clinical studies, now termed spinal cord injury-induced immune depression syndrome.

Recent research indicates a key instigator of this immune dysfunction is altered sympathetic input to

lymphoid organs, such as the spleen, resulting in a wide array of secondary effects that can, in turn,

exacerbate immune pathology. In this review, we discuss what we know about immune dysfunction

after spinal cord injury, why it occurs, and how we might treat it.

Abstract: Individuals with spinal cord injuries (SCI) exhibit increased susceptibility to infection, with

pneumonia consistently ranking as a leading cause of death. Despite this statistic, chronic inflamma-

tion and concurrent immune suppression have only recently begun to be explored mechanistically.

Investigators have now identified numerous changes that occur in the peripheral immune system

post-SCI, including splenic atrophy, reduced circulating lymphocytes, and impaired lymphocyte

function. These effects stem from maladaptive changes in the spinal cord after injury, including

plasticity within the spinal sympathetic reflex circuit that results in exaggerated sympathetic output

in response to peripheral stimulation below injury level. Such pathological activity is particularly

evident after a severe high-level injury above thoracic spinal cord segment 6, greatly increasing

the risk of the development of sympathetic hyperreflexia and subsequent disrupted regulation of

lymphoid organs. Encouragingly, studies have presented evidence for promising therapies, such

as modulation of neuroimmune activity, to improve regulation of peripheral immune function. In

this review, we summarize recent publications examining (1) how various immune functions and

populations are affected, (2) mechanisms behind SCI-induced immune dysfunction, and (3) poten-

tial interventions to improve SCI individuals’ immunological function to strengthen resistance to

potentially deadly infections.

Keywords: autonomic dysreflexia; spinal cord injury; immune dysfunction; SCI-IDS

1. Introduction

Spinal cord injury (SCI) is a traumatic injury that results in disrupted bidirectional
communication between higher levels of the central nervous system (CNS) and the body
below the level of the injury. While SCI is often associated with motor and sensory dysfunc-
tion, SCI results in a myriad of other systemic functional changes and deficits, including
altered immune function. Immune dysfunction after SCI has long been documented. For
instance, SCI individuals exhibit more frequent infections, with pneumonia ranking as
a leading cause of death after injury [1]. Even when death is not the eventual outcome,
pneumonia and post-operative wound infections are associated with impaired functional
recovery in SCI persons [2]. While this increased susceptibility to infection was historically
attributed to the medical interventions routinely administered in the acute phase after
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SCI [3], it is becoming apparent that the rise in infections is largely due to secondary
changes in peripheral immunity that occur after injury [4]. Studies have only recently
begun to reveal the underlying biological mechanisms of immune pathology after injury.
Individuals with SCI display various immunological changes, including immunosuppres-
sion despite concurrent chronic systemic low-grade inflammation, termed SCI-induced
immune depression syndrome (SCI-IDS) (Figure 1) [5,6]. Unfortunately, because of our lim-
ited understanding of mechanisms that contribute to SCI-IDS, there are no FDA-approved
treatments for use in SCI individuals that specifically improve immune function. Therefore,
SCI-IDS represents a problem with myriad remaining questions. Importantly, identification
of potential therapeutic targets to improve immune function would make a significant
and lasting impact on the general health and well-being of the SCI community. In this
review, we summarize the current literature describing the chronic peripheral inflammation
and increased susceptibility to infection characteristic of SCI-IDS, the mechanisms behind
the development of immune dysfunction, and how these pathological changes might be
ameliorated therapeutically.

Figure 1. After spinal cord injury (SCI), both chronic systemic inflammation and immunosuppression
result in SCI-induced immune depression syndrome (SCI-IDS). Altered immune function results
in increased susceptibility to infection and exacerbated secondary complications of SCI. In turn,
these secondary complications and infections may create a feedback loop which amplifies immune
dysfunction. Created using BioRender.com accessed on 2 September 2021.

2. The Consequences of Peripheral Immune Dysfunction

2.1. Chronic Low-Grade Inflammation

While much research has focused on the resulting neuroinflammation in the spinal
cord after SCI, there is also persistent, low-grade, peripheral inflammation that has been
identified in SCI individuals (Figure 1) [6,7]. Examination of serum cytokine levels from
SCI persons revealed that proinflammatory cytokines IL-2, IL-6, tumor necrosis factor alpha
(TNFα), and/or IL-1RA were significantly increased compared to their levels in able-bodied
subjects [8,9]. Interestingly, SCI subjects who experienced pain, urinary tract infections
(UTIs), or pressure ulcers displayed higher levels of these proinflammatory cytokines than
those without [9]. Another study found that C-reactive protein (CRP), IL-2, and granulocyte
macrophage colony stimulating factor (GM-CSF) were significantly increased while TNFα,

2



Biology 2021, 10, 928

IL-4, and granulocyte colony stimulating factor (G-CSF) were significantly decreased in SCI
persons compared to controls [10]. In men with SCI regardless of injury level, blood serum
concentration of CRP, IL-6, endothelin-1, and soluble vascular cell adhesion molecule (sV-
CAM) were all significantly increased, suggestive of chronic low-grade inflammation [11].
A recent whole-blood gene expression study found significantly upregulated Toll-like
receptor signaling pathway genes in participants with chronic SCI compared to those
without, supporting the presence of systemic inflammation [12]. Activation of circulating
CD3+ and CD4+ T cells was increased after SCI, although CCR4+ HLA-DR+ regulatory T
cells were concurrently expanded [12]. The exact roles of regulatory T cells are complex,
and the functional implications of increased regulatory T cells are not fully understood.
Moreover, it is not yet known if the increase in the CCR4+ HLA-DR+ regulatory T cells
causes immune dysfunction or they expand in response to an altered immune environment.
Nevertheless, these data reveal immune dysfunction after chronic SCI in humans, and the
increased activation of T cells may contribute to long-term inflammation.

2.2. Increased Susceptibility to Infection

Despite a sustained state of inflammation in SCI persons, they experience increased
susceptibility to pathogenic infection due to concurrent immunodeficiency (Figure 1).
The significance of this is underscored by clinical data examining causes of death in SCI
individuals [13–16]. The leading cause of death within the first year after a traumatic SCI
in the Czech Republic was found to be pneumonia infection (17.1%), with UTIs making
up 7.3% of all deaths [16]. Pneumonia remained the leading cause of death after a year
in the SCI population at 14% of all deaths, with UTIs at 10.3%, pressure ulcers at 12.1%,
and sepsis of unknown origin at 6.5%, making infections the leading cause of mortality
after SCI at over 40% of all deaths [16]. In a 70-year study from Britain, the leading cause of
death after SCI was respiratory (29.3%) with infections such as pneumonia making up the
vast majority of these (23.5% of all deaths) [15]. Another 7.8% of deaths in this study were
attributed to urinary tract infections and sepsis of unknown origin, further demonstrating
the gravity of infections in SCI individuals [15].

Why are respiratory infections so prevalent and deadly in the SCI population? Pre-
clinical and clinical studies indicate that injury level and severity contribute to infection
susceptibility. Clinically, over 40% of deaths in the tetraplegic population of the long-term
study in Britain were attributed to respiratory causes, including infection [15]. In a small
study from Germany, pneumonia and influenza ranked in the top three causes of death for
tetraplegics, but not paraplegics, and tetraplegic subjects had a significantly reduced life
expectancy compared to paraplegics [17]. Part of the problem is that higher-level injuries
result in loss of innervation to motor neurons that innervate the diaphragm and intercostal
muscles, resulting in compromised respiratory motor control (reviewed in [18]). The lack of
mobility in SCI persons also exacerbates this issue since exercise, like walking and running,
has been shown to reduce pneumonia-related mortality [19–22]. However, what may make
respiratory infections particularly deadly for SCI persons is that higher injuries above the
level of thoracic segment 6 (T6) result in disruption of descending supraspinal input to
sympathetic preganglionic neurons (SPNs) that innervate immune organs and modulate
immune function, which we describe in more detail in a later section. This combination
results in a heavily reduced capacity to effectively clear respiratory infections.

Preclinical studies in animal models have further increased our understanding of
impaired immune responses and subsequent increased susceptibility to infection following
SCI [23–26]. Due to immune impairment, mice with thoracic SCI exhibit reduced ability
to clear influenza or mouse hepatitis virus (MHV) infection in the lungs or liver, respec-
tively [23,26]. In fact, mortality rates in infected SCI mice were 40% after influenza infection
and 100% after MHV infection. Specifically, these mice exhibited reduced numbers of
influenza-specific CD8+ T cells or MHV-specific CD4+ T cells after viral infection [23,26].
In a follow-up influenza study, deficient CD8+ T cell infiltration and numbers were discov-
ered to be mediated via corticosterone signaling, and administration of mifepristone to
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inhibit corticosterone throughout the experiment rescued numbers of virus-specific CD8+

T cells [27]. In another study, high thoracic (i.e., T3) hemisection in a mouse model of
inducible bacterial pneumonia resulted in increased bacterial load in the lungs, indicative
of inability to clear infection [25]. Moreover, rats with complete transection at T10 devel-
oped UTIs when inoculated transurethrally with a lower dose of E. coli than uninjured
rats [24]. Histological analysis indicated that while inflammation in the bladder was virtu-
ally resolved by 14 days post-infection in uninjured controls, SCI rats displayed chronic
inflammation of the bladder with mononuclear cell aggregates located within the lamina
propria. Together, these studies demonstrate the independent risk of SCI on infection
rates across a wide range of infection types, further underscoring the need for therapeutic
advancement in treating SCI-IDS.

2.3. Effects of Immune Dysfunction on Other Physiological Processes

There are common secondary complications after SCI that are likely worsened by the
chronic immune dysfunction observed in SCI persons (Figure 1). Osteoporosis is ubiquitous
in the SCI population, resulting in acute rapid reduction in bone density after injury that
stabilizes after 2–3 years; this bone loss also increases susceptibility to fractures [28,29].
While the role of immune function in the pathogenesis of osteoporosis in the SCI population
is not well described, osteoporosis independent of SCI is an inflammatory condition that
progresses due to immune dysfunction, cytokine release, and a persistent low-grade
inflammatory state typically seen in aging [30–32]. Therefore, it is not unreasonable to
suggest that the long-term inflammation observed in SCI individuals would contribute to
osteoporosis pathology [33].

Another secondary complication after SCI is neuropathic pain, which presents in
anywhere from 18–96% of SCI persons [34–39]. As with osteoporosis, it is well established
that both peripheral and central inflammation contribute to the development of neuropathic
pain [40–42]. As described above, one study found that SCI persons presenting with
neuropathic pain exhibited elevated serum levels of IL-6 and IL-1RA compared to those
without neuropathic pain [9]. A recent clinical study indicated that an anti-inflammatory
diet in SCI individuals resulted in reduced composite score of proinflammatory mediators
IL-2, IL-6, IL-1β, TNF-α, and interferon gamma (IFN-γ) and was associated with decreased
neuropathic pain score [43].

SCI individuals are frequently plagued by pressure ulcers due to immobility and
resultant tissue ischemia. Data indicate that skin ulcers and cutaneous wounds heal more
slowly after thoracic SCI in mice [44]. Cutaneous wounds normally progress through
four stages of healing: hemostasis, inflammation and cytokine release, cytokine-induced
epithelial and vascular proliferation, and wound resolution [45]. In the general population,
wounds such as pressure ulcers often persist chronically in an inflammatory state that
inhibits healing progression [45,46]. In line with this, clinical evidence suggests that anti-
inflammatory topical treatments, such as TNFα inhibition via infliximab, can improve
wound healing of chronic ulcers [47]. However, SCI persons exhibit sustained baseline
vasodilation due to sympathetic denervation. This sustained baseline vasodilation and
subsequent hypotension has been hypothesized to impair the requisite inflammation phase
of wound healing, inhibiting wound healing at an earlier stage of repair [48]. In fact,
evidence specifically from SCI models has shown that cutaneous inflammatory stimulation
does not elicit appropriate localized inflammation. After complete T3 transection, mice
injected subcutaneously with complete Freud’s adjuvant emulsion exhibited reduced
cutaneous localized inflammation as measured by both fluorescent IVIS imaging and
magnetic resonance imaging (MRI) [49]. Therefore, it seems that both persistent low-grade
inflammation and immunosuppression after SCI may impair pressure ulcers from recovery.

The general consensus is that SCI increases the risk of atherosclerotic diseases, such as
coronary artery disease and cardiovascular disease, via a multitude of secondary complica-
tions, from obesity to metabolic syndrome and sustained, low-grade inflammation [11,50–54].
While recent clinical research indicates that presentation of atherosclerotic pathology in
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SCI persons is not solely dependent on increased inflammatory markers [55,56], it may
be exacerbated by increased inflammation [56]. Preclinical research using a mouse model
of atherosclerotic disease (ApoE−/−) found that atherosclerotic lesions were significantly
increased in mice with a T9 contusion injury compared to uninjured controls [57]. While
the development of atherosclerosis was associated with increased plasma levels of IL-
1β, TNFα, IL-6, monocyte chemoattractant protein-1 (MCP-1), and C-C motif chemokine
ligand-5 (CCL-5), increased MCP-1 and CCL-5 were specifically observed in SCI mice
versus uninjured controls. Importantly, the use of an anti-inflammatory salicylate drug was
found to prevent SCI-induced exacerbation of atherosclerosis, possibly via the reduction in
TNFα, MCP-1, and CCL-5 plasma levels [57].

Research therefore indicates that immune dysfunction in SCI individuals is of patho-
logical consequence and resolution of chronic inflammation and concurrent immunosup-
pression could prove highly beneficial in improving quality of life.

3. Why Does Peripheral Immune Dysfunction Occur?

3.1. Disruption of Descending Central Pathways

SCI, particularly above the level of T6, can result in loss of modulatory input to im-
mune organs via autonomic innervation and the hypothalamic-pituitary-adrenal (HPA)
axis (Figure 2). The spleen, the largest lymphoid organ, has been better studied in relation
to SCI-IDS than any other lymphoid tissue and shows dramatic changes after disruption
of modulatory innervation [58]. Upon SPN activation, which normally occurs due to
stress in the “fight or flight” response, post-ganglionic terminals in the spleen release nore-
pinephrine (NE) directly to splenocytes in the white pulp and the HPA axis is stimulated
to release glucocorticoids (GCs) from the adrenal gland (Figure 2) [59,60]. Under homeo-
static conditions, splenic lymphocytes express anti-inflammatory β-adrenergic receptors
(β-AR) that promote reduced cell proliferation, decreased proinflammatory cytokine re-
lease, and reduced antibody production. GCs from the adrenal glands mediate similar
anti-inflammatory effects via GC receptors [61]. During inflammation, T cells and B cells
highly express α-adrenergic receptors (α-AR) that promote maturation, activation, and
migration (reviewed in [58,62]).

After SCI, supraspinal control of the sympathetic system is disrupted and sympathetic
activity becomes dysregulated. Acutely, this results in increased GC release from the
adrenal glands that impairs immune function (Figure 2) [63]. Over time, maladaptive plas-
ticity of the sympathetic circuitry within the spinal cord below the level of injury develops.
In people with severe high-level SCI, the combination of interruption of supraspinal input
to sympathetic circuitry caudal to the level of injury and the plasticity of this circuit leads to
sympathetic hyperreflexia, which overtly manifests as autonomic dysreflexia (AD) [64–66].
This sympathetic hyperactivity results in abnormally high levels of NE in the spleen
and activation of β-ARs on lymphocytes that result in sustained immunosuppression
(Figure 2) [67,68]. In turn, this chronic immunosuppression increases susceptibility to in-
fection as described above. Sympathetic innervation and the HPA axis have been identified
as both independent and interrelated causes of immune dysfunction after SCI [63,64].
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Figure 2. After a SCI, there is an acute drop in systemic norepinephrine (NE) and an increase in
plasma glucocorticoids (GCs) released by the adrenal glands. Chronically, increased neural circuit
plasticity results in sympathetic hyperreflexia and release of NE by sympathetic post-ganglionic
neurons, including those targeting the spleen and other lymphoid organs such as the bone marrow.
These changes after SCI result in measurable altered immune profile and function. Created using
BioRender.com accessed on 2 September 2021.

3.2. Sympathetic Hyperreflexia

Recent studies have determined that sympathetic hyperreflexia contributes to SCI-
IDS. Moreover, because sympathetic hyperreflexia development is correlated with injury
level and severity, the extent and nature of immune dysfunction after SCI is injury level
and severity dependent [25,58,63–65,67,69]. For instance, in the human SCI population,
tetraplegic individuals display exacerbated increases in levels of the proinflammatory
marker CRP compared to paraplegic individuals [70]. While chronic SCI persons exhibit
fewer circulating CD3+ and CD4+ T cells and increased activation of remaining T cells,
increased activation is particularly evident in those with complete or high level (above T6)
injuries [71]. One preclinical study using rats showed that both pro-inflammatory and anti-
inflammatory markers in plasma were significantly higher following a clip compression
injury at T6/7 than at cervical level 6/7 (C6/7) [69]. It was suggested that this difference
was due to the development of SCI-IDS in the cervically injured rats, though this was not
directly demonstrated. Similarly, mice displayed splenic atrophy and leucopenia after a
complete transection injury at T3 but not at T9 [64,65]. By 5 weeks post-injury, 50–70% of
leukocytes were depleted, with a 60% reduction in the splenic B cell population. Moreover,
T3-transected mice produced significantly lower antibody titers than uninjured controls
when immunized with ovalbumin (OVA) antigen. These changes coincided with the
development of AD [64]. Splenic white pulp atrophy and loss of B cells was exacerbated
in the T3 SCI animals when sympathetic hyperreflexia was experimentally elicited with
noxious sensory stimuli, such as colorectal distension (CRD). CRD also worsened the
impaired immunological response after OVA antigen inoculation. Underscoring this, there
was no significant effect on splenic B cells in the T9 injured group, which did not experience
sympathetic hyperreflexia, indicating that sympathetic hyperreflexia is a causative factor
in the development of SCI-IDS (Figure 2) [64].
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Increased activation of vesicular glutamate transporter 2 (VGLUT2)+ excitatory in-
terneurons in the lateral horn of thoracic spinal cord after injury has been implicated in the
development of sympathetic hyperreflexia. These glutamatergic interneurons synapse on
SPNs, and the number of presynaptic puncta contacting SPNs increases with time after
SCI [65]. Chemogenetics, specifically designer receptors exclusively activated by designer
drugs (DREADD), have also been used preclinically with great success to effectively deter-
mine the role of these excitatory interneurons in the intermediate and medial grey matter
of the thoracic spinal cord after injury [65]. In this study, the researchers performed a T3
SCI in adult mice that expressed Gi/o-coupled human muscarinic M4 (hM4Di DREADD)
in VGLUT2+ interneurons within the thoracic spinal cord. Clozapine-N-oxide (CNO)
was injected starting two weeks after injury to silence the hM4Di-expressing, excitatory
interneurons in thoracic spinal cord. Mice with this treatment exhibited normal splenic size
and numbers of CD4+ T cells, CD8+ T cells, and B220+ B cells [65]. While this study did not
directly examine whether these immune changes were functionally relevant, it revealed
the causative role of maladaptive neural plasticity in immunological changes after SCI
and indicated that targeting glutamatergic interneurons specifically may be a promising
therapeutic target to ameliorate immune dysfunction.

Concurrent increases in blood endogenous GCs and splenic NE levels also appear
to play a role in SCI-IDS (Figure 2). Systemic coadministration of selective antagonists
for β-2 adrenergic and GC receptors resulted in reduced splenic atrophy and normal
antibody titer after OVA immunization, suggesting the importance of sympathetic control
in regulating immune function [64]. Importantly, severing the splenic nerve to obliterate
sympathetic innervation prior to T3 SCI in mice abrogated the increased susceptibility to
pneumonia infection normally observed in animals after T3 SCI with intact sympathetic
signaling [25]. These studies indicate that the severity of immune dysfunction is strongly
tied to sympathetic activity.

A notable caveat of preclinical studies using complete SCI models to elicit SCI-IDS is
whether this complete loss of supraspinal input to the SPNs is recapitulated in humans
with SCI. This is highly relevant because human injuries classified as clinically complete
often are anatomically incomplete and have some tissue sparing [72–76]. So then, what
happens to immune function after incomplete SCI, particularly below the level of T6?
Preclinical studies found that splenic atrophy did not occur in rats with moderate, incom-
plete injuries at either cervical (C6/7) or thoracic (T6/7) levels [69,77]. However, splenic
NE, corticosterone, and leukopenia were significantly increased within a week after the
incomplete thoracic injuries but not cervical injuries [77]. Additionally, circulating pro-
and anti-inflammatory cytokines and chemokines were increased in thoracic-injured rats
compared to those with cervical injuries [69]. In line with this, some preclinical studies
already described in this review reported changes in immune profile and function after
incomplete SCI, even below T6 [26,27,78]. One factor that may contribute to this is that
some of the SPNs that modulate sympathetic input to the spleen are located within T6/T7
spinal cord and are likely directly injured by even a moderate, mid-level SCI.

Our personal observations further support the concept of SCI-induced immune
changes in the absence of overt splenic atrophy. While we found measurable splenic
atrophy at 8 weeks post-complete T3 transection in rats, we observed that the splenic
immune cell profile was already significantly altered by 4 weeks post-complete T3 SCI,
though the spleens grossly appeared similar at that point (unpublished personal observa-
tions; [79,80]).

As described in earlier sections, one clinical study found that proinflammatory mark-
ers, such as CRP, were increased after SCI regardless of injury level [11], while another
study found that the severity of increased CRP correlated with injury level [70]. Similarly,
while activation of T cells was significantly increased in the general SCI population, in-
dividuals with complete or high-level injuries above T6 displayed a more pronounced
effect [71]. What is not clear from these aforementioned studies is how injuries at different
levels and severities affect sympathetic tone and if this plays a role in the disparate results
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described. It appears that injury level and severity contribute to the extent of immune
dysfunction after SCI, but this is not absolute and the level dependence of SCI-induced
immune dysfunction is likely complex.

3.3. Aberrant Activity of the HPA Axis

One recent study found that dysregulated HPA axis function after sympathetic disrup-
tion corresponds with more severe acute leucopenia after high thoracic injury. Specifically,
mice with a T1 complete transection displayed acute reduction in systemic NE and increase
in plasma GCs while those with a T9 complete transection did not [63]. This increase in
GCs was due to adrenal gland denervation after the high thoracic complete injury resulted
in aberrant hypercortisolism. In line with this, T1-transected mice displayed reduced
numbers of CD19+ B cells, CD4+ or CD8+ T cells, CD11b+ monocytes, NK1.1+ natural killer
(NK) cells, and CD11c+ dendritic cells (DC) in multiple lymphoid organs, including the
spleen (Figure 2).

3.4. Disrupted Bone Marrow Function

Bone marrow is a key hematopoietic organ where bone marrow hematopoietic stem
cells reside that give rise to myeloid and lymphoid cells, replenishing immune cell popula-
tions daily. Sympathetic innervation to the bone marrow regulates both bone turnover and
immune cell production (reviewed in [81,82]). It is worth mentioning that the ubiquitous os-
teoporosis experienced by the SCI population is exacerbated by sympathetic hyperreflexia,
resulting in reduced bone production and increased bone resorption [83–85]. These changes
in bone turnover are part of an interconnected loop in which bone denervation promotes
osteoporosis and immune dysfunction, which in turn bidirectionally affect each other.

Just how exactly bone marrow-derived immunity changes after SCI has been described
in a few publications [86–88]. Clinically, persons with SCI exhibit impaired bone marrow
stem cell function [86,87]. In particular, SCI individuals displayed impaired NK cytolytic
function, reduced T cell killer function, and lower IgG levels indicative of inhibited B
cell function despite normal circulating lymphocyte numbers. When bone marrow as-
pirates were cultured, the number of long-term culture-initiating cells was significantly
reduced in cultures from SCI persons, particularly tetraplegics, indicative of decreased
progenitor growth [86]. Preclinically, a recent publication explored the mechanisms be-
hind SCI-induced bone marrow hematopoietic dysfunction [88]. After SCI, mice exhibited
increased hematopoietic stem cell proliferation and accumulation in the bone marrow,
as well as impaired mobilization regardless of injury level and severity (Figure 2). In
T3-transected mice specifically, expression of bone marrow cytokines and chemokines
was significantly increased, and C-X-C motif chemokine ligand 12 (CXCL12)/C-X-C motif
chemokine receptor 4 (CXCR4) signaling specifically led to sequestration of hematopoietic
stem cells and mature B cells. These changes appear to have functional implications, as the
bone marrow response to inflammatory stimulation with lipopolysaccharide (LPS) was
impaired after SCI [88].

3.5. Obesity

Several aforementioned studies observed increased susceptibility to various infections
in rodents with lower thoracic injuries at T9/10, which largely leave descending control of
sympathetic circuitry intact [23]. Therefore, while disruption of sympathetic innervation
to lymphoid organs strongly contributes to immune dysfunction after SCI, it is not the
only cause. Although the primary insult may be in the spinal cord, SCI is an injury of
nearly every system in the body, from gastrointestinal to cardiovascular. The multi-system
dysfunction observed after SCI results in a clinical population more likely to suffer from
complications such as obesity and type 2 diabetes [89–91]. Indeed, while sympathetic
hyperreflexia and subsequent AD appear to be a major underlying cause of SCI-IDS,
concomitant chronic low-grade inflammation has been strongly linked to neurogenic
obesity (reviewed in [92]) as well as other secondary complications of SCI (reviewed
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in [6,93]). Importantly, these conditions also can contribute to the development of immune
dysfunction after SCI.

Obesity, which affects approximately 66% of SCI individuals [94], is thought to be a
primary cause of the chronic low-grade inflammation observed after SCI [92]. Adipocytes
have been shown to release “adipokines” such as TNFα, IL-6, and MCP-1, resulting in
a systemic proinflammatory state in obesity [92,95]. In the SCI population specifically,
higher waist circumference is associated with elevated CRP, a proinflammatory cytokine
implicated in cardiovascular disease [70,96]. Evidence indicates that exercise to mitigate
obesity can reduce systemic inflammation [97,98]. In SCI individuals specifically, plasma
levels of proinflammatory cytokines TNFα and IL-6 were reduced after an arm cranking
exercise regimen that improved anthropometric index, decreased waist circumference,
and decreased plasma concentration of leptin [99]. Similarly, 10 weeks of functional
electrical stimulation cycling by SCI persons resulted in increased muscle mass by dual
X-ray absorptiometry and significantly reduced levels of proinflammatory cytokines IL-6,
TNFα, and CRP [100].

Obesity, in turn, increases the risk of developing type 2 diabetes [101], a condition
which is strongly associated with persistent systemic inflammation (reviewed in [102]).
Studies have shown that SCI individuals are at higher risk of developing type 2 dia-
betes [89,91,103]. Interestingly, type 2 diabetes is considered to be immune-driven yet also
contributes to immunosuppression via diabetes-mediated hyperglycemia [104,105]. While
the role of type 2 diabetes in immune dysfunction specifically in the SCI population has
yet to be established, it is highly possible that the known effects of insulin resistance and
hyperglycemia on immunity carry over. These secondary complications arising from SCI
therefore provide some explanation as to why SCI persons experience chronic low-grade
systemic inflammation.

3.6. Repetitive Infections and Wounds

Persistent bacterial infections are thought to manipulate the immune system to prevent
clearance [106,107]. In SCI individuals, repetitive infections, namely UTIs and infected
chronic pressure ulcers, may contribute to both systemic low-grade inflammation and
concurrent immunosuppression. As described in an earlier section, when SCI persons
present with UTIs or pressure ulcers, serum levels of proinflammatory cytokines such as IL-
6 and TNFα are significantly higher than in SCI persons without these infections [9]. This
would suggest that ongoing infection can exacerbate the systemic inflammation observed
after SCI. Along with this, SCI persons with an ongoing UTI displayed higher levels
of urine IgA concentrations compared to those without infection, and SCI individuals
displayed sustained IgG response to bacterial antigens despite no differences in circulating
T cells specific to UTI bacterial antigens, compared to controls [10]. Interestingly, AD events
have been documented to result in reduced oxygenation and increased perspiration of
the skin, which in turn may contribute to increased susceptibility to pressure ulcers [108].
In turn, pressure ulcers and UTIs can both serve as stimuli that elicit AD events, which
can further impair immune function after SCI, as described above. While it is still unclear
to what degree persistent UTIs and pressure ulcer infections modulate immune activity
in SCI individuals, it is apparent that an ongoing infection correlates with additional
immunological changes.

4. Potential Interventions to Improve Immunological Function Post-SCI

4.1. A Critical Need for Clinical Therapies

There are no currently approved therapies specifically targeting improving the im-
mune system for SCI individuals. In fact, the routine use of methylprednisolone in acute
treatment of SCI persons in the United States is of debatable benefit for various reasons
(reviewed in [109,110]), including the known effect of immunosuppression. While some
studies have suggested that motor function recovery may be incrementally improved with
methylprednisolone treatment, others have not found measurable effects but did note ap-
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preciable side effects [111,112]. Therefore, whether using methylprednisolone is of benefit
is highly debated, even more so now that attention has turned to its immunosuppressive
properties as a corticosteroid [113]. Another standard treatment for SCI individuals is
rehabilitative medicine. With respect to systemic inflammation specifically, several studies
have found that exercise lowers circulating levels of TNFα, IL-6, and CRP [99,114].

One method to improve quality of life in SCI individuals would be to reduce likeli-
hood of infection. Clinical studies have examined the prophylactic use of antibiotics to
prevent UTIs in the SCI population [14,115]. However, while several groups found that
prophylactic low-dose clindamycin, sulfamethoxazole, nitrofurantoin, trimethoprim, or
cefalexin treatment was effective in significantly reducing the rate of UTIs during extended
treatment [116–118], another group found that prophylactic sulfamethoxazole or nitro-
furantoin was not effective in reducing UTIs in the SCI population [119]. Additionally,
antibiotic-resistant bacterial colonization of the bladder is common with prophylactic use
of antibiotics in SCI persons [118,120], suggesting that prevention of infections via this
route is unlikely to prove beneficial in the long term. To circumvent this problem, two
studies attempted long-term prophylactic use of four antibiotics on a cyclical regimen; this
method resulted in fewer yearly UTIs in SCI individuals [121,122]. Prophylactic antibiotic
treatment has also been recommended by the North American Spine Society in cases of
spinal surgery [123], with clinical studies often, but not always, indicating a reduction in
post-operative infections, particularly with multiple days of treatment [124,125]. How these
treatments might affect other types of infections in SCI persons remains unknown. Addi-
tionally, how recurring use of antibiotics affects the SCI body’s gut microbiome (discussed
in more detail below) and the downstream consequences of that is not well understood.

Alternatively, therapeutic options could address underlying causes of immune dys-
function. As mentioned above, one cause of SCI-IDS is sympathetic hyperreflexia. There
have been multiple preclinical and clinical studies using procedures and pharmacological
interventions to both limit the onset of AD and manage it (reviewed in [126,127]). The
current medical advice is that persons presenting with AD manage their symptoms us-
ing nonpharmacological methods, such as removing the offending stimulus (i.e., blocked
catheter, tight clothing, or bowel impaction) and moving to a sitting position [128]. While
these methods are typically successful in eventually ending the AD event, sustained high
blood pressure can occur that demands further medical attention [66,128]. Commonly used
drugs for the treatment of AD solely mitigate hypertensive symptoms [127], and therefore
have short-lived effects that do not cure the underlying disorder. These drugs include
nifedipine and nitrates, amongst other hypertension medications, such as angiotensin I
converting enzyme inhibitors. Epidural stimulation has also been used to stabilize variable
blood pressure in SCI persons [129]. Interestingly, preclinical work has revealed mixed data
on the use of exercise to mitigate AD. While one study found that passive hindlimb cycling
or active forelimb swimming did not change AD severity after T2 contusion injury in
rats [130], another study found that passive hindlimb cycling after complete T3 transection
did reduce the severity of AD [131]. Other studies have used botulinum toxin, capsaicin,
anticholinergics, or surgical procedures to prevent the development or continuation of
AD [126]. These treatments have had variable success in reduction in AD events in SCI per-
sons [126,132,133]. However, it is important to keep in mind that sympathetic hyperreflexia
affects not only the vasculature but also any organ that receives sympathetic innervation.
None of these studies have examined effects on immune function, regardless of observed
changes in AD presentation. It is possible that examining immune function after such
treatments would reveal immunological changes, which would be of interest given the im-
portance of improving immunity post-SCI. Additionally, there are no approved treatments
to prevent the development of sympathetic hyperreflexia from the outset. Therefore, there
is a dire need for the identification of treatments that improve immune function after SCI.
In the following sections, we summarize recent preclinical research examining potential
means to specifically improve immune function after SCI.
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4.2. Gabapentin

Some preclinical studies have attempted to reduce the maladaptive neural plasticity
that contributes to AD worsening via pharmacological intervention. Gabapentin (GBP), an
anti-seizure and neuropathic pain medication known to prevent synaptogenesis at high
doses, has been used after SCI in preclinical models to examine its effect on AD. Several
studies have indicated that acute treatment with a low-dose of GBP (50 mg/kg) or chronic
treatment with a very high-dose of GBP (400 mg/kg/day) starting the day of complete
T4 SCI in rats decreased mean arterial pressure in response to CRD [134–137]. However,
chronic treatment with this very high-dose of GBP (400 mg/kg/day) also increased the
frequency of spontaneous AD events [136]. On the other hand, in another recent study,
chronic treatment with a slightly lower dose of GBP (200 mg/kg/day) starting one day after
complete T4 SCI in mice prevented excitatory synaptic formation and sprouting of sensory
afferents, two examples of spinal plasticity associated with sympathetic hyperreflexia.
This resulted in reduced frequency of spontaneous AD events, attenuated induced AD
by CRD, and, importantly, mitigated changes in immune profile after SCI (Figure 3) [137].
Additionally, chronic treatment with this dose of GBP resulted in prevention of splenic
atrophy and maintenance of CD3+ T cell and B220+ B cell populations in the spleen
(Figure 3) [137]. One important difference in these seemingly conflicting studies is that
Eldahan et al. did not observe any changes in excitatory or inhibitory presynaptic markers
in the lumbosacral dorsal horn at the very high dose of GBP. Species/strain dependent
differences may also account for the divergent results. While studies have presented
conflicting data on the use of GBP for prevention of AD, the data from Brennan et al.
support the notion that suppression of neural plasticity in the sympathetic circuit below
the level of injury can improve the immune profile after SCI.

Figure 3. Preclinical studies have revealed that pharmacological inhibition of sympathetic circuit
plasticity, either through the use of high-dose gabapentin (GBP) or soluble TNFα inhibition, can
reduce autonomic dysreflexia (AD) and improve splenic immune cell profile. Separately, studies have
examined the modulation of gut microbiota, either through probiotic treatment or deletion of Pde4b, to
improve microbiome composition after SCI, which in turn improves anti-inflammatory immune cell
profile in gut-associated lymphoid tissues (GALTs), like mesenteric lymph nodes (MLNs), and reduces
circulating markers of inflammation. Created using BioRender.com accessed on 2 September 2021.
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4.3. Inhibiting TNFa

Other studies have targeted TNFα signaling to improve sympathetic hyperreflexia and
splenic function. TNFα expression is persistently upregulated in the spinal cord after injury,
contributing to neural plasticity. TNFα exists in two forms; its soluble form is a product of
transmembrane TNFα cleavage by TNFα-converting enzyme. While the former is highly
proinflammatory and plays a role in neural plasticity below the level of injury [138], the
latter has been shown to have neuroprotective effects [139,140]. After SCI, specific central
inhibition of soluble TNFα using the experimental compound XPro1595, which inhibits
soluble TNFα specifically, resulted in improved functional recovery [141]. Importantly,
these effects were not replicated with central administration of etanercept, a pan-TNFα
inhibitor that affects both soluble and transmembrane TNFα [141]. This highlights the
particular role of soluble TNFα in SCI pathology, and paved the way for examination of
how soluble TNFα inhibition after SCI might affect other facets of recovery, including
immune function.

We recently reported that continuous intrathecal administration of XPro1595 in rats
with complete T3 transections beginning up to 3 days post-injury significantly reduced
intraspinal plasticity within the sympathetic circuit and lowered the frequency and severity
of AD events (Figure 3) [79,80]. Additionally, in XPro1595-treated rats, splenic atrophy was
prevented, and splenic immune cell profile was similar to non-injured control spleens, in
contrast to spleens from injured animals without XPro1595 that exhibited an altered im-
mune cell profile. In particular, CD45R+ B cells, CD8+ T cells, and CD11b/c+ macrophages
were returned to uninjured numbers, while CD4+CD25+FoxP3+ regulatory T cells were
significantly increased (Figure 3) [79,80]. Improved splenic immune profile corresponded
with reduced sympathetic, noradrenergic sprouting in the spleen [79]. Excitingly, the
improved immune profile in turn resulted in reduced susceptibility to pneumonia infection,
with no XPro1595-treated injured rats dying while nearly 40% of vehicle-treated injured
rats succumbed to infection. While vehicle-treated injured rats that survived exhibited
persistent weight loss at 10 days post-infection, those that received XPro1595 returned to
baseline [79]. However, when XPro1595 treatment was delayed until 2 weeks post-injury,
no beneficial effects on AD were observed, suggesting that administration at some point
prior to 2 weeks is vital to the effectiveness of this particular treatment strategy [142]. Nev-
ertheless, the benefit of central soluble TNFα inhibition after subacute injury to attenuate
sympathetic hyperreflexia and to improve downstream immune function is particularly
promising given the striking increase in resistance to pneumonia infection.

4.4. Modulation of Gut Microbiota

Another possible therapeutic option may exist in gut microbiota. Notably, ~70% of
immune cells reside in gut-associated lymphoid tissues (GALTs), where they respond
to microbial antigens and metabolites produced in the gut and serve as the first line of
defense against pathogens entering via the gastrointestinal route [143]. The links between
gut microbiota, neurological function, and immunological pathology are research topics
of great interest in diseases ranging from multiple sclerosis to autism [144–147], and the
downstream effects of SCI on this complex system are only now beginning to be revealed.

In a landmark study examining microbiota changes after SCI, a T9 contusive injury in
mice resulted in immune disruption, e.g., altered numbers of B220+ B cells, CD4+ and CD8+

T cells, CD11b+ macrophages, and CD11c+ DCs in GALT mesenteric lymph nodes and
Peyer’s Patches [78]. Importantly, the researchers discovered that therapeutic treatment
with probiotics in the first month post-injury resulted in a more anti-inflammatory GALT
profile, increasing numbers of CD4+CD25+FoxP3+ regulatory T cells and CD11c+ DCs
in the mesenteric lymph nodes (Figure 3) [78]. Another group examined the gut micro-
biome composition of humans with SCI and found that bacterial phyla that produce the
short-chain fatty acid butyrate—which is associated with having strong anti-inflammatory
effects—were significantly reduced [148]. While not directly demonstrated, these gut
microbiome changes might contribute to a proinflammatory state in SCI persons [148].
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Since these groundbreaking studies, there has been an explosion of interest in how gut
microbiota are altered after SCI, and how modulation of the gut microbiome might improve
both neurological and immunological outcomes for SCI individuals [149–156]. In regard to
peripheral immunity, a recent study demonstrated that after a T9 contusive injury in mice,
the gut microbiome displayed a reduced Firmicutes to Bacteroidetes phyla ratio as well as an
increase in the phylum Proteobacteria that contains Gram-negative bacteria that produce
the endotoxin LPS, which is associated with systemic inflammation [157]. In fact, the re-
searchers found that sCD14, a marker of systemic inflammation, was significantly increased
at 42 days post-SCI. Interestingly, deletion of Pde4b to disrupt the TLR4/TNFα/PDE4B
axis mitigated the microbiome imbalance observed after SCI, and resulted in reduced
endotoxin and sCD14 serum levels, suggestive of reduced inflammation (Figure 3) [157].
Taken together, these studies strongly suggest that improving gut microbiota health may in
turn improve immunological function in SCI persons, which is particularly exciting given
the accessibility of the gut for therapeutic intervention.

5. Conclusions

Immune changes post-SCI have major implications in the quality of life of SCI indi-
viduals as well as their treatment. With disruption of descending CNS input to immune
organs as well as secondary complications of SCI contributing to SCI-IDS, individuals
with SCI are faced with a constant state of inflammation and increased risk of infection.
Promisingly, recent preclinical research indicates a wide range of potential interventions
that may be able to improve immune function and reduce the risk of infection. However,
whether these effects are replicated after chronic immune dysfunction has already occurred,
which populations of immune cells should be targeted, and how this affects immunity to
various infection types in persons are all unknown facets of immune modulation post-SCI.
Importantly, while there are many gaps in knowledge regarding immune function and
modulation after SCI that remain to be filled, potential opportunities to identify effective
therapeutics to better immune function will undoubtedly result in improved quality of life
for those living with SCI.
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Simple Summary: The neuroinflammatory response is a rather complex event in spinal cord injury
(SCI) and has the capacity to exacerbate cell damage but also to contribute to the repair of the injury.
This complexity is thought to depend on a variety of inflammatory mediators, of which tumor
necrosis factor (TNF) plays a key role. Evidence indicates that TNF can be both protective and
detrimental in SCI. In the present study, we studied the temporal and cellular expression of TNF
and its receptors after SCI in mice. We found TNF to be significantly increased in both the acute and
the delayed phases after SCI, alongside a robust neuroinflammatory response. As we could verify
some of our results in human postmortem tissue, our results imply that diminishing the detrimental
immune signaling after SCI could also enhance recovery in humans.

Abstract: Spinal cord injury (SCI) initiates detrimental cellular and molecular events that lead
to acute and delayed neuroinflammation. Understanding the role of the inflammatory response
in SCI requires insight into the temporal and cellular synthesis of inflammatory mediators. We
subjected C57BL/6J mice to SCI and investigated inflammatory reactions. We examined activation,
recruitment, and polarization of microglia and infiltrating immune cells, focusing specifically on
tumor necrosis factor (TNF) and its receptors TNFR1 and TNFR2. In the acute phase, TNF expression
increased in glial cells and neuron-like cells, followed by infiltrating immune cells. TNFR1 and
TNFR2 levels increased in the delayed phase and were found preferentially on neurons and glial cells,
respectively. The acute phase was dominated by the infiltration of granulocytes and macrophages.
Microglial/macrophage expression of Arg1 increased from 1–7 days after SCI, followed by an increase
in Itgam, Cx3cr1, and P2ry12, which remained elevated throughout the study. By 21 and 28 days
after SCI, the lesion core was populated by galectin-3+, CD68+, and CD11b+ microglia/macrophages,
surrounded by a glial scar consisting of GFAP+ astrocytes. Findings were verified in postmortem
tissue from individuals with SCI. Our findings support the consensus that future neuroprotective
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immunotherapies should aim to selectively neutralize detrimental immune signaling while sustaining

pro-regenerative processes.

Keywords: neuroinflammation; cytokines; tumor necrosis factor; immune cells; microglia

1. Introduction

Spinal cord injury (SCI) is a serious neurological condition with an unknown preva-
lence and estimated annual incidence of between 40 and 80 cases per million of population,
according to the World Health Organization. SCI often leads to irreversible motor and
sensory dysfunction below the level of injury. The mechanical impact to the spinal cord
initiates a primary injury, which is followed by secondary degenerative processes. The
secondary degeneration occurs due to detrimental cellular and molecular events, which
include glutamate excitotoxicity, edema formation, and exacerbated neuroinflammation [1].
Neuroinflammatory processes are rapidly initiated after SCI and contribute to both in-
jury and reparative processes [2]. Although the neuroinflammatory response is most
pronounced in the early phases after SCI, it continues throughout the life of the affected
individual [3]. Within minutes after injury, inflammatory mediators, such as cytokines, are
released by resident cells located in the injured spinal cord and take part in the recruitment,
activation, and polarization of immune cells [4].

One important inflammatory cytokine is the tumor necrosis factor (TNF), which plays a
role in the initiation, maintenance, and resolution of inflammation [5]. It exists in two forms:
a transmembrane-bound form (tmTNF) and a soluble form (solTNF). Both types of TNF
signal through one of two receptors, TNFR1 and TNFR2, however, with different binding
affinities, and the robust activation of TNFR2 requires binding of tmTNF [5,6]. Furthermore,
the downstream signaling pathways of the two receptors differ, and the activation of TNFR1,
especially, is associated with the increased expression of pro-inflammatory cytokines and
activation of programmed cell death [7], whereas TNFR2 is involved in cell survival,
proliferation, and remyelination [8,9].

Several studies have examined the cellular and temporal expression of TNF and its
receptors in the acute phase after SCI [10–17]. However, only a few studies focused on
clarifying TNF expression in the delayed phase after SCI [11,13,18]. Besides the initial acute
increase in TNF levels, these studies suggest a second increase in Tnf gene expression in the
delayed phase after SCI. Examining TNFR1 and TNFR2 expression in the delayed phase
after SCI is, to our knowledge, yet to be elucidated. As elevated TNF levels induce the
expression of numerous other inflammatory cytokines [19], studies have tried to clarify
the role of TNF after SCI [20–23]. Studies using conventional and cell-specific conditional
TNF or TNFR-knockout mice [20,24–27], and studies using anti-TNF therapy, [21,28,29]
demonstrate that TNF exhibits both neuroprotective and neurodegenerative effects after
SCI. In addition, we and others have shown that interfering with solTNF-TNFR1 signaling
is beneficial after SCI [22,28].

Diminishing detrimental neuroinflammatory processes, such as the excessive pro-
duction of pro-inflammatory cytokines, is considered a possible therapeutic strategy in
individuals with SCI; therefore, more detailed knowledge on the temporal and cellular
synthesis of inflammatory mediators is required. TNF is believed to be one of the most
promising neuroinflammatory targets in SCI [17]; therefore, this study investigated the
temporal and cellular source of TNF and its two receptors in the acute and delayed phases
after SCI using a moderate contusive SCI model in C57BL/6J mice. The findings were
verified in postmortem tissue and cerebrospinal fluid (CSF), derived from individuals with
SCI. In addition, we evaluated the expression profile of selected glial-derived cytokines
(IL-1 β, IL-6, IL-10, and CXCL1) and examined the polarization of microglia/macrophages
by investigating temporal changes in microglial/macrophage specific genes (Itgam, Cx3cr1,
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Trem2, Arg1, P2ry12). Finally, we examined the activation, recruitment, and polarization of
immune cells in the lesioned spinal cord.

2. Materials and Methods

2.1. CSF Collection

Human CSF samples were collected and stored at the Third Affiliated Hospital of Sun
Yat-sen University in China. All individuals received a diagnosis of SCI based on clinical
symptoms (ISNCSCI and ASIA score), electrophysiology, X-ray, and MRI analysis. Cases
were divided into subacute (2 weeks–2 months after injury), early chronic (2–12 months
after injury), and late chronic stages (>24 months after injury) (Table 1). SCI cases with
complete or incomplete traumatic injury at cervical and thoracic levels were included in this
study. One case had a lumbar SCI. Individuals with other neurological disorders or diabetes
were excluded. CSF from healthy individuals was used as the control (Table 1), and samples
were collected after overnight fasting and frozen at −80 ◦C. The study protocols ([2018]-02,
[2018]-03, [2018]-04) were in accordance with guidelines for clinical studies approved by
the Third Affiliated Hospital of Sun Yat-sen University review board.

Table 1. Gender and age distribution of SCI cases included for CSF analysis.

Controls Sub-Acute Early Chronic Late Chronic

Number of cases 5 12 10 11
Sex, n (%) men 4 (80) 11 (92) 10 (100) 11 (100)

Age, years, median (IQR) 31 (23.0; 44.5) 30.5 (28.3; 47.0) 30.0 (26.8; 36.3) 45.0 (39.0; 54.0)

2.2. Animals

Female C57BL/6J mice were purchased from Taconic A/S (Ry, Denmark) and transferred
to the Biomedical Laboratory, University of Southern Denmark, where they were allowed
to acclimatize for at least one week before surgery. TNF knockout (Tnf−/− [30]) mice were
obtained by crossing heterozygous Tnf+/− mice, and the genotype was established using the
following primers from DNA Technology A/S (Copenhagen, Denmark): Tnf common (5′-
CCAGGAGGGAGAACAGA), Tnf mutant (5′-CGTTGGCTACCCGTGATATT), Tnf wt (5′-
AGTGCCTCTTCTGCCAGTTC), LtaN forward (5′-GTCCAGCTCTTTTCCTCCCAAT), and
LtaN reverse (5′-GTCCTTGAAGTCCCGGATACAC) as previously described [30,31]. All mice
were group-housed with food and water ad libitum, with a 12 h light/dark cycle, and controlled
temperature and humidity. Mice were cared for in accordance with the protocols and guidelines
approved by the Danish Veterinary and Food Administration (J. numbers 2013–15–2934–00924
and 2019–15-0201–01615); experiments are reported in accordance with the ARRIVE guidelines,
and all efforts were made to minimize pain and distress.

2.3. Induction of Spinal Cord Injury (SCI)

Mice were anesthetized with an intraperitoneal (i.p.) injection of a cocktail of ketamine
(100 mg/kg, VEDCO, Saint Joseph, MO, USA) and xylazine (10 mg/kg, VEDCO). The
ninth thoracic vertebra (T9) was identified based on anatomical landmarks [32], and the
mice were laminectomized at T8–T10. Mice received a T9 contusion injury (75 Kdyn) using
the Infinite Horizon Device (Precision Systems and Instrumentation, Brimstone, LN, USA)
as previously described [28]. Sham mice were laminectomized only. After surgery, mice
received a subcutaneous (s.c.) injection of isotonic saline to prevent dehydration, and
for post-surgical analgesia, mice were treated with four s.c. injections of buprenorphine
hydrochloride (0.001 mg/20 g body weight Temgesic, cat. no. 521634, Indivior Europe,
North Chesterfield, VA, USA) at eight-hour intervals starting immediately after surgery.
To prevent dehydration and infection, mice were supplemented with daily s.c. injections
of isotonic saline and antibiotic gentamicin (40 mg/kg, Hexamycin, Sandoz, Copenhagen,
Denmark) for the first 7 days after SCI. Mice were housed in individual cages in a recovery
room at 25 ◦C with a 12 h light/dark cycle, until their wounds healed. Mice surviving more
than 24 h after surgery were weighed at 1, 3, and 7 days after SCI and thereafter weekly.
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Bladders were emptied manually twice a day for the duration of the experiments. C57BL/6J
mice were allowed to survive 1, 3, 6, 12, or 24 h (acute phase, n(SCI) = 18–23/group and
n(sham) = 5/group) or 3, 7, 14, 21, or 28 days (delayed phase, n(SCI) = 15/group and
n(sham) = 5/group) after surgery, and naïve mice were used as the controls (n = 20). Tnf−/−

mice were allowed to survive 1, 3, 6, 12, or 24 h after SCI (n = 2/group). In total, one
C57BL/6J mouse died during surgery.

2.4. Basso Mouse Scale (BMS)

Functional recovery after SCI was determined by scoring of the hind limb locomotor
performance in the open field arena using the BMS scoring system and the BMS subscore
system, with the latter used to quantify finer aspects of locomotion [33]. Under observer-
blinded conditions, mice were evaluated over a 4 min period 1, 3, and 7 days after SCI and
weekly thereafter for up to 28 days. Before surgery, mice were handled and pre-trained in
the open field to assure normal locomotion and to prevent fear and/or stress behaviors
that could bias the locomotor assessment. Routinely, mice with a BMS score above 1 on the
day after surgery are excluded; in the present study, however, no mice scored above 1.

2.5. Human SCI Tissue

Paraffin-embedded postmortem human spinal cord samples (Table 2) were obtained
from the Miami Project Human Core Bank at the University of Miami Miller School of
Medicine managed by Alexander Marcillo, M.D. and Yan Shi, M.S.

Table 2. Gender and age distribution of SCI cases included for immunofluorescent analysis.

Case Age/Sex Level of Injury Cause of Injury Post-SCI Survival Time

#1 80/F C6–T1 Fall 15 h
#2 61/M C1–2 Dive accident 2 weeks
#3 43/M C7 Fall 16 days
#4 33/M C6–7 MVA 3 weeks
#5 65/M C4 MVA 5 weeks
#6 67/M C5–7 Fall 6 weeks

Abbreviations: C—cervical; F—female; M—male; MVA—motor vehicle accident; T—thoracic.

2.6. Tissue Processing

Mice were deeply anesthetized with an overdose of pentobarbital (200 mg/mL) con-
taining lidocaine (20 mg/mL) (Glostrup Apotek, Glostrup, Denmark) and transcardially
perfused through the left ventricle. For reverse transcription quantitative polymerase chain
reaction (RT-qPCR), in situ hybridization, protein analysis, and flow cytometry, mice were
perfused with ice-cold diethyl pyrocarbonate-treated (DEPC, Sigma-Aldrich, cat. no. D5758,
Soeborg, Denmark) phosphate-buffered saline (PBS, pH 7.4, Sigma-Aldrich, cat. no. P4417,
Soeborg, Denmark). For immunohistochemistry and immunofluorescence staining, mice
were perfused with ice-cold 4% paraformaldehyde (PFA, Sigma-Aldrich, cat. no. 158127,
Soeborg, Denmark) diluted in PBS.

For RT-qPCR and protein analysis, 1 cm of spinal cord centered on the lesion area (SCI
samples), or spinal cord tissue taken from the equivalent region (sham and naïve samples),
was quickly removed, snap-frozen on dry ice, and stored at −80 ◦C until further processing.

Spinal cord segments (1 cm centered on the lesion), to be used for in situ hybridization,
immunohistochemistry, and immunofluorescence staining, were quickly removed. For in
situ hybridization, segments were immediately embedded in Tissue-Tek OCT compound
(Leica, cat. no. 14020218926, Broendby, Denmark) and snap-frozen in gaseous CO2. Spinal
cord segments used for immunohistochemistry and immunofluorescence staining were
stored in PFA for 45 min, hereafter in 20% sucrose (Sigma-Aldrich, cat. no. S7903, Soeborg,
Denmark) in 0.15 M Sorensen’s phosphate buffer overnight (o.n), and the next day embed-
ded and snap-frozen in Tissue-Tek compound. Spinal cords were then cut into 20 μm thick
parallel tissue sections using a cryostat, collected on SuperFrost Plus slides (Thermo Fisher
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Scientific, cat. no. 10149870, Roskilde, Denmark), and stored at −20 ◦C (immunostaining)
or −80 ◦C (in situ hybridization) until further processing.

For flow cytometry, spinal cord tissue containing the lesion area (1 cm centered on the
lesion) and peri-lesion area (tissue 0.5 cm distal and 0.5 cm proximal to the lesion was pooled
to represent peri-lesion tissue), or spinal cord tissue taken from the equivalent regions
(naïve samples), was quickly removed and placed in cold RPMI (Gibco, cat. no. 21875–042,
Roskilde, Denmark) containing 10% fetal bovine serum (FBS, VWR, cat. no. S1810, Soeborg,
Denmark). Samples were homogenized through a 70 μm filter (AH Diagnostics, cat. no.
352350, Aarhus, Denmark) and further processed for flow cytometry.

2.7. Gene Analysis

RNA extraction: Total RNA was extracted from mice that survived 1, 3, 6, 12, and
24 h, 3, 7, 14, and 28 days after SCI, as well as from naïve controls (n = 5/group) using
TRIzol Reagent (Invitrogen, cat. no. 15596018, Roskilde, Denmark) according to the
manufacturer’s protocol. Briefly, samples were homogenized with the appropriate amount
of TRIzol Reagent, and chloroform extraction (Sigma-Aldrich cat. no. C2432, Soeborg,
Denmark) was performed followed by isopropanol precipitation (Sigma-Aldrich, cat. no.
I9030, Soeborg, Denmark). The RNA was washed with 75% ethanol (absolute ethanol
in nuclease-free water, VWR, cat. no. 20821.365), and purified RNA was dissolved in
nuclease-free water (Thermo Scientific, cat. no. R0582). Concentrations and purity were
checked using a Thermo Scientific NanoDrop One spectrophotometer.

cDNA synthesis: Two μg RNA was reverse-transcribed with the High-Capacity cDNA
Reverse Transcription kit from Applied Biosystems (Thermo Fisher, cat. no. 4368814,
Roskilde, Denmark). A 2× reverse transcription (RT) Master mix was made, consisting of
a 10X RT Buffer, 25X dNTP mix (100 mM), 10 RT Random Primers, MultiScribe Reverse
Transcriptase, nuclease-free water, and equal amounts of RNA sample; the 2× RT Master
mix was synthesized using an MJ Research PTC-225 Gradient Thermal Cycler from Marshall
Scientific. Reverse transcription cycle conditions were as follows: 25 ◦C for 10 min, 37 ◦C
for 120 min, 85 ◦C for 5 min, and then cooled to 4 ◦C. Samples were diluted to 50 ng/μL
and stored at −20 ◦C until further processing.

RT-qPCR: Investigation of Tnf, Tnfrsf1a, Tnfrsf1b, Il1b, Il6, Il10, Cxcl1, Integrin sub-
unit alpha M (Itgam), C-x3-c motif chemokine receptor 1 (Cx3cr1), triggering receptor
expressed on myeloid cells 2 (Trem2), purinergic receptor P2Y (P2ry12), arginase 1 (Arg1),
and hypoxanthine-guanin phosphoribosyltransferase 1 (Hprt1) mRNA expression was
performed with Maxima SYBR Green (ThermoFisher Scientific, cat. no. KO223, Roskilde,
Denmark) detection and carried out using a CFX Connect Real-Time PCR Detection Sys-
tem from Bio-Rad. Primers were designed with NCBI’s nucleotide database and primer
designing tool, aimed to target exon–exon junctions whenever possible, checked for self-
complementarity with an Oligo calculator [34], and purchased from TAG Copenhagen
(Copenhagen, Denmark). Primer sequences are listed in Table 3. The RT-qPCR reaction
was performed in a 12.5 μL volume, containing 1× Maxima SYBR Green, 50 ng of template
cDNA, and 600 nM forward and reverse primers. Thermal cycling conditions were as
follows: 95 ◦C for 10 min to separate the cDNA, followed by further denaturation for 15 s,
whereafter the temperature was lowered to the optimal annealing temperature for each
gene (see Supplementary Table S1) for 30 s and then raised again to 72 ◦C for 30 s. This
was caried out for 40 cycles, except for Il10 (45 cycles, Supplementary Table S1). Finally, the
samples were heated to generate a melting curve (Supplementary Table S1). A 4-fold stan-
dard curve and a calibrator were prepared from a mixture of aliquots from all experimental
samples and used on every assay. “No template” and “no reverse transcriptase” controls
were included as negative controls. All samples and standards were tested in triplicate, the
calibrator was applied to six wells, and samples from different time points were randomly
distributed across the assays. Amplification of a single desired product was confirmed by
the presence of only one melting curve. Relative transcript levels were calculated using
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the Pfaffl method [35], primer efficiencies were accepted within the range of 100 ± 5%
(Supplementary Table S1), and data were normalized to the reference gene Hprt1.

Table 3. Primers used for RT-qPCR analysis.

Gene Primer Sequences (5′-3′) Accession No.

Tnf F- AGGCACTCCCCCAAAAGATG NM_001278601.1
R- TCACCCCGAAGTTCAGTAGACAGA

Tnfrsf1a F- GCCCGAAGTCTACTCCATCATTTG NM_011609.4
R- GGCTGGGGAGGGGGCTGGAGTTAG

Tnfrsf1b F- GCCCAGCCAAACTCCAAGCATC NM_011610.3
R- TCCTAACATCAGCAGACCCAGTG

Il1b F- TGCCACCTTTTGACAGTGATG NM_008361.4
R- CAAAGGTTTGGAAGCAGCCC

Il6 F- AGGATACCACTCCCAACAGA NM_001314054.1
R- ACTCCAGGTAGCTATGGTACTC

Il10 F- GCCAGGTGAAGACTTTCTTTCAAAC NM_010548.2
R- AGTCCAGCAGACTCAATACACAC

Cxcl1 F- GCTGGGATTCACCTCAAGAAC NM_008176.3
R- TGTGGCTATGACTTCGGTTTG

Itgam F- GCCTGTCACACTGAGCAGAA NM_008401.2
R- TGCAACAGAGCAGTTCAGCA

Cx3cr1 F- TCCCATCTGCTCAGGACCTC NM_009987.4
R- GGCCTCAGCAGAATCGTCAT

Trem2 F- TGCTGGAGATCTCTGGGTCC NM_031254.3
R- AGGTCTCTTGATTCCTGGAGGT

Arg1 F- ATGAAGAGCTGGCTGGTGTG NM_007482.3
R- CCAACTGCCAGACTGTGGTC

P2ry12 F- GCCAGTGTCATTTGCTGTCAC NM_027571.4
R- TAGATGCCACCCCTTGCACT

Hprt1 F- TCCTCAGACCGCTTTTTGCC NM_013556.2
R- TCATCATCGCTAATCACGACGC

2.8. In Situ Hybridization for Tnf mRNA

In situ hybridization for Tnf mRNA was performed using a mixture of two alka-
line phosphatase (AP)-labeled oligo DNA probes (3 pmol/mL) on tissue sections from
C57BL/6J mice surviving 1, 3, 6, 12, and 24 h after SCI, in addition to naïve controls (n
= 3/group). The following probes were purchased from DNA Technology (Copenhagen,
Denmark): Tnf probes: 5′ CGTAGTCGGGGCAGCCTTGTCCCTTGAA 3′ (GC content
60.7%, Tm 67.8 ◦C) and 5′ CTTGACGGCAGAGAGGAGGTTGACTTTC 3′ (GC content
53.6%, Tm 62.3 ◦C); glyceraldehyde 3-phosphate dehydrogenase (Gapdh) probe: 5′ CCT-
GCTTCACCACCTTCTTGATGTCA 3′ (GC content 50%, Tm = 60.2 ◦C). The hybridization
was performed on 20 μm ethanol-fixed spinal cord sections using protocols previously
described [36,37]. The hybridization signal was developed using an AP buffer containing
5-bromo-4-chloro-3-indolyl phosphate (Sigma-Aldrich, cat. no. B8503, Soeborg, Denmark)
and nitroblue tetrazolium (Sigma-Aldrich, cat. no. N6876, Soeborg, Denmark). The speci-
ficity of the hybridization was documented by (1) the abolishment of the hybridization
signal when hybridizing RNase A-digested sections, (2) hybridizing sections with 100-fold
excess of the unlabeled probe mixture, or (3) the absence of signal in sections incubated
with buffer only. Parallel sections were hybridized for the widely expressed Gapdh mRNA
to ensure overall suitability of the tissue for hybridization.

2.9. Protein Purification

Spinal cord tissue segments from naïve mice or mice surviving 1, 3, 6, 12, or 24 h
and 3, 7, 14, 21, or 28 days after SCI (n = 5/group) were thawed on ice, sonicated in
lysis buffer (150 mM sodium chloride (Sigma-Aldrich, cat. no. 1064041000), 20 mM Tris,
1 mM Ethylene Diamine Tetra Acetate (EDTA, Sigma-Aldrich, cat. no. E9884, Soeborg,
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Denmark), 1 mM ethylene glycol tetraacetic acid (EGTA, Sigma-Aldrich cat. no. E4378,
Soeborg, Denmark), 1% Triton-X-100, a cocktail of phosphatase and proteinase inhibitors
(Sigma-Aldrich, P5726 and Sigma-Aldrich, P0044, Soeborg, Denmark), and a cOmplete™
Mini EDTA-Free Tablet (Roche, 11836170001), pH 7.5). Samples were left shaking on ice at
4 ◦C for 30 min, centrifuged at 14,000× g at 4 ◦C for 20 min, and finally the supernatants
were stored at −80 ◦C until further analysis. The protein concentration was determined
using the Pierce BCA Protein Assay Kit (Thermo Fischer Scientific, cat. no. 23235, Roskilde,
Denmark) according to the manufacturer’s protocol.

2.10. Electrochemiluminescence Analysis

TNF, IL-1β, IL-6, IL-10, CXCL1, TNFR1, and TNFR2 protein levels were measured in
tissue homogenates from SCI or sham mice surviving 1, 3, 6, 12, or 24 h (acute phase) and 3,
7, 14, or 28 days (delayed phase) survival, as well as from naïve controls (n = 5/group), using
custom made MSD Mouse Pro-inflammatory V-PLEX (Mesoscale Discovery, Rockville,
MD, USA, cat. no. K152BIC (acute) and K152AOH-2 (delayed)), Ultra-sensitive TNFRI
(Mesoscale Discovery, cat. no. K152BIC (acute) and K1510VK-2 (delayed)), and TNFRII
(Mesoscale Discovery, cat. no. K152BJC (acute) and K150ZSR-2 (delayed)) kits, as previously
described [26]. Analysis of tissue derived from mice surviving 3, 7, 14, and 28 days
(delayed phase) was performed separately from tissue derived from mice surviving 1, 3,
6, 12, and 24 h (acute phase) and, thus, they were analyzed as two separate experiments.
Samples were diluted in Diluent 41, run in duplex on a SECTOR Imager 6000 Plate Reader
(Mesoscale Discovery), and analyzed using MSD Discovery Workbench software. Samples
with coefficient of variation (CV) values >25% in individual analyses were excluded. The
lower limit of detection (LLOD) was a calculated concentration based on a signal 2.5
standard deviations (SD) above the blank (zero) calibrator. For protein levels below LLOD,
a value of 0.5 LLOD was used for statistical analysis. LLOD values for acute experiments;
IL-1β (0.19–0.22 pg/mL), IL-10 (0.81–1.34 pg/mL), CXCL1 (0.14–0.23 pg/mL), TNF (0.22–
0.77 pg/mL), IL-6 (1.70–4.04 pg/mL), TNFR1 (0.57–0.61 pg/mL), and TNFR2 (15.00–35.90
pg/mL). LLOD values for delayed experiments; IL-1β (0.09 pg/mL), IL-10 (0.61 pg/mL),
CXCL1 (0.13 pg/mL), TNF (0.15 pg/mL), IL-6 (1.57 pg/mL), TNFR1 (0.16 pg/mL), and
TNFR2 (0.73 pg/mL).

2.11. CSF ELISA

ELISA tests on human CSF were performed at the Third Affiliated Hospital of Sun Yat-
sen University in China. SolTNF (ab181421) and solTNFR1 (ab209881) were quantitatively
measured using commercially available ELISA kits (Abcam, Cambridge, UK) according to
the manufacturer’s instructions. Before testing, CSF samples were centrifuged at 2000× g
for 10 min to remove debris. Supernatants were collected for further analysis.

2.12. Immunohistochemistry for TNF

Visualizing the TNF protein in spinal cord tissue sections from C57BL/6 (n = 3/group)
and Tnf−/− (n = 2/group) mice surviving 1, 3, 6, 12, and 24 h after SCI and naïve controls
(n = 3) was performed using a two-step immunohistochemical protocol with an AP-
conjugated secondary antibody as previously described in detail [37]. In short, sections
were air-dried and fixed in 4% PFA for 10 min. Sections were then rinsed in Tris-buffered
saline (TBS, pH 7.4) for 15 min, TBS + 0.1% Triton (Merck, cat. no. X100, Soeborg, Denmark)
3 × 15 min, and incubated with 10% FBS in TBS for 30 min at room temperature. Thereafter,
sections were incubated with polyclonal rabbit anti-mouse TNF antibody (Table 4) diluted
at 1:200 in 10% FBS in TBS for 1 h at room temperature, followed by 48 h at 4 ◦C. Next,
sections were rinsed 3 × 15 min in TBS + 0.1% Triton and incubated with a secondary
AP-conjugated antibody to rabbit IgG (Jackson ImmunoResearch, cat. no. 111–055-003,
Cambridgeshire, UK) diluted at 1:200 in 10% FBS in TBS for 1 h at room temperature.
The antigen–antibody complex was visualized using the AP developer used for in situ
hybridization containing 1 mol/L Levamisole (Sigma-Aldrich, cat. no. PHR1798, Soeborg,
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Denmark). Finally, the development was arrested in distilled water, and the sections were
cover slipped in Aquatex (Sigma-Aldrich, cat. no. 1.085.620.050, Soeborg, Denmark).

Table 4. Overview of antibodies used for immunohistochemistry and immunofluorescent staining.

Antibody Conjugated Host (Clone) Dilution Source (cat. no.)

Anti-TNF Unconjugated Rabbit 1:200
Thermo Fischer Scientific
(P-350)

Anti-TNFR1 Unconjugated Rabbit (H-271) 1:50 Santa Cruz (sc-7895)
Anti-TNFR2 Unconjugated Rabbit 1:200 Sigma Aldrich (HPA004796)
Anti-TNFR2 Unconjugated Goat 1:50 R&D Systems (AF-426-PB)
Anti-MAP2 Unconjugated Chicken 1:100 Abcam (ab5392)
Anti-CD68 Unconjugated Rat 1:400 Bio-Rad (MCA1957)
Anti-CD68 Unconjugated Mouse (PG-M1) 1:100 Abcam (ab783)
Anti-CD11b Unconjugated Rat 1:500 Bio-Rad (MCA711)
Anti-Iba1 Unconjugated Rabbit 1:500 Wako (019–19741)
Anti-IBA1 Unconjugated Mouse (GT10312) 1:1000 Sigma Aldrich (SAB2702364)
Anti-Galectin-3 Unconjugated Rat (M38) 1:300 Hakon Leffler’s Lab [38]
Anti-NF-L Alexa Fluor-488 Mouse (N52) 1:50 Sigma Aldrich (MAB5266)
Anti-IL-1β Unconjugated Mouse (2E8) 1:50 Bio-Rad (MCA5542Z)
Anti-GFAP Cy3 Mouse (G-A-5) 1:500 Sigma Aldrich (C9205)
Anti-GFAP Alexa Fluor-488 Mouse (131–17719) 1:400 Invitrogen (A21294)
Anti-Rabbit Alexa Fluor-594 Donkey 1:200 Invitrogen (A21207)
Anti-Rabbit Alexa Fluor-488 Chicken 1:200 Invitrogen (A21441)
Anti-Rat Alexa Fluor-594 Goat 1:200 Invitrogen (A11007)
Anti-rabbit Alexa Fluor-594 Goat 1:200 Invitrogen (A21207)
Anti-rabbit Alexa Fluor-488 Goat 1:200 Invitrogen (A11008)
Anti-rabbit Alexa Fluor-568 Goat 1:200 Invitrogen (A11011)
Anti-Rat Alexa Fluor-488 Goat 1:200 Invitrogen (A11006)
Anti-Chicken Alexa Fluor-488 Goat 1:200 Invitrogen (A11039)
Anti-mouse Alexa Fluor-488 Goat 1:200 Invitrogen (A11001)
Anti-mouse Alexa Fluor-568 Goat 1:200 Invitrogen (A11004)
Anti-mouse Alexa Fluor-555 Goat 1:200 Invitrogen (A21422)
Anti-goat Alexa Fluor-594 Donkey 1:200 Invitrogen (A11058)

Control reactions for antibody specificity were performed on parallel sections by (1)
substitution of the primary antibody with rabbit serum (Dako, cat. no. X0902, Glostrup,
Denmark), (2) omission of the primary antibody in the protocol, and (3) inclusion of sections
from Tnf−/− mice. Tnf−/− mice are known to be devoid of functional TNF protein [31].
Parallel sections incubated with polyclonal rabbit anti-glial fibrillary acidic protein (GFAP,
Table 4) diluted at 1:4000 were included for the overall control of the immunohistochemi-
cal reaction.

2.13. Immunofluorescence Staining

Mouse tissue: Double immunofluorescence staining for TNF, TNFR1, or TNFR2 with
cell-specific markers was performed on 20-μm-thick, parallel cryostat tissue sections from
mice surviving 3 h, 21 days, or 28 days after SCI. Double labelling for GFAP with CD11b,
CD68, or Iba1 was performed on tissue sections from mice surviving 21 or 28 days after
SCI (n = 2–3/group). Sections were blocked with 10% FBS in TBS for 30 min, incubated
o.n. with primary antibodies (Table 4), rinsed in TBS, and incubated with fluorescently
labelled secondary antibodies for 2 h at room temperature (Table 4). For visualization of
astrocytes, Cy3- or 488-conjugated anti-GFAP antibodies (Table 4) were applied for 1 h at
room temperature. Sections were rinsed in TBS containing 4′,6-diamidino-2-phenylindole
(DAPI, 1:1000, Sigma-Aldrich, cat. no. D9542, Soeborg, Denmark) to visualize nuclei and
mounted with Aquatex.

Human tissue: Human postmortem spinal cord tissue was formalin-fixed, embedded
in paraffin, and cut into 10-μm-thick sections on a microtome. Tissue sections were de-
paraffinized in xylene and rehydrated in graded series of ethanol (99%, 96%, 70%, 50%),
immersed in water, and washed in PBS before heat-induced epitope retrieval in citrate
buffer (10 mM citrate, pH 6). Next, sections were rinsed in PBS and bleached using the
Autofluorescence Eliminator Reagent (Millipore, cat. no. 2160, Soeborg, Denmark) accord-
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ing to the manufacturer’s guidelines [38]. The sections were then rinsed in PBS followed
by TBS and TBS + 0.1% triton before blocking in 10% FBS in TBS for 30 min at room
temperature. The sections were incubated o.n. with primary antibodies diluted in 10%
FBS in TBS (Table 4). The following day, the sections were rinsed in TBS + 0.1% triton, and
incubated for 2 h with secondary antibodies (Table 4) diluted in 10% FCS in TBS at room
temperature, protected from light. Finally, sections were rinsed in TBS before mounting
with ProLong Gold Antifade Reagent with DAPI (Sigma-Aldrich, cat. no. 10236276001,
Soeborg, Denmark).

2.14. Flow Cytometry

Samples from mice surviving 3 and 24 h and 14, 21, and 28 days survival after SCI
as well as naïve controls (n = 5/group) were processed for flow cytometry using a FAC-
SCalibur flow cytometer and data analyzed using FACSuite software, as previously de-
scribed [39]. Tissue from individual mice was processed individually, and approximately
106 events were acquired per sample using forward scatter (FSC) and side scatter (SSC).
Microglia (CD11b+CD45dim), macrophages (CD11b+CD45highLy6ChighLy6G−), and granu-
locytes (CD11b+CD45highLy6C+Ly6G+) were identified as previously described [26]. Prior
to fixation, cells were stained for live/dead cells using Fixable Viability Dye eFluoro 506
(Thermo Fischer, cat. no. 65–0866-18) diluted in PBS. Positive staining was determined
based on isotype controls and the respective fluorescent minus one (FMO) control [25].
Antibodies were directly conjugated with fluorochromes (Table 5). The mean fluorescence
intensity (MFI) was calculated as the geometric mean of each population in the CD45 and
CD11b positive gates.

Table 5. Overview of antibodies used for flow cytometry.

Antibody Conjugated Host (Clone) Dilution Source (cat. no.)

Anti-CD45 PerCP-Cy5.5 Rat (30-F11) 1:100 BD Biosciences (561869)
Anti-CD11b BB515 Rat (M1/70) 1:200 BD Biosciences (564454)
Anti-Ly-6C PE-Cy7 Rat (AL-21) 1:200 BD Biosciences (560593)
Anti-Ly-6G BV421 Rat (1A8) 1:200 BD Biosciences (562737)
IgG2b, κ PerCP-Cy5.5 Rat (A95–1) 1:100 BD Biosciences (550764)
IgG2b, κ BB515 Rat (A95–1) 1:200 BD biosciences (564421)
IgM, κ PE-Cy7 Rat (clone R4–22) 1:200 BD biosciences (560572)
IgG2a, κ BV421 Rat (clone R35–95) 1:200 BD Biosciences (562602)

2.15. Statistical Analysis

Comparisons were performed using repeated measures (RM) or regular two-way anal-
ysis of variance (ANOVA) followed by Sidak’s post hoc analysis, ordinary one-way ANOVA
followed by Dunnet’s post hoc analysis, or by Student’s t-test. Correlation analyses were
performed using the nonparametric Spearman correlation test. Outliers were identified
using ROUT with a False Discovery Rate (FDR) of 1%. Analyses were performed using
Prism 4.0b software for Macintosh, (GraphPad Software, San Diego, CA, USA). Statistical
significance was established for p < 0.05. Data are presented as mean ± standard error of
mean (SEM), percentages, or as mean with interquartile range (IQR 25–75%).

3. Results

3.1. SCI Leads to Significant Changes in Locomotor Function

The recovery of hind limb function after a moderate contusive SCI was evaluated
using the BMS score (Figure 1a) and the BMS subscore (Figure 1b). Mice exhibited im-
mediate paraplegia with no hind limb movement after induction of SCI. Mice receiving a
laminectomy (sham) only displayed minor impairment 1 day after surgery but displayed
normal motor function from 3 days and onwards after surgery, as demonstrated by a nor-
mal BMS (Figure 1a) and normal BMS subscore (Figure 1b). Mice with SCI started to display
improved hind limb function from day 7 and onwards but exhibited significant motor
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dysfunction compared to sham mice throughout the experiment (Figure 1a). Improved
locomotion in SCI mice was also detected from day 14 using the BMS subscore (Figure 1b).
Mice subjected to SCI experienced significant weight loss within the first 3 days after SCI,
whereafter they started to regain weight (Figure 1c). Sham mice did not experience any
weight loss (Figure 1c).

Figure 1. Analysis of locomotor function and glial reactions after SCI. (a) Evaluation of hind limb
locomotor function. SCI and sham mice were tested 1, 3, and 7 days after surgery and weekly thereafter
for 28 days. Motor behavior was scored under blinded conditions with the Basso Mouse Scale (BMS).
Analysis of sham and SCI mice showed significantly lower BMS scores in SCI mice compared to sham
mice (SCI: p < 0.0001, F1,27 = 1447; Time: p < 0.0001, F6,134 = 253.8; Interaction: p < 0.0001, F6,134 = 205.4).
(b) Analysis of BMS subscore in SCI and sham mice demonstrating significantly lower BMS subscore in
SCI mice compared to sham mice (SCI: p < 0.0001, F1,27 = 1081; Time: p < 0.0001, F6,134 = 98.31; Interaction:
p < 0.0001, F6,134 = 89.62). (c) Body weight over time in SCI and sham mice (SCI: p < 0.0001, F1,27 = 25.71;
Time: p < 0.0001, F3.36 = 91.98; Interaction: p < 0.0001, F6,134 = 53.4). Results are expressed as mean ± SEM,
n-values; SCI, n = 39 for baseline (BL) to 3 days, n = 29 for 7 days, n = 20 for 14 and 21 days, and n = 10 for
28 days. Sham, n = 20 for baseline (BL) to 3 days, n = 15 for 7 days, n = 10 for 14 and 21 days, and n =
5 for 28 days. (d) Sections of the thoracic spinal cords were double-labeled for GFAP (green; upper and
middle panels, red; lower panels) and CD11b (red; upper panel), CD68 (red; middle panel), or Iba1 (green;
lower panel). DAPI was used as a nuclear marker. Scale bars: low magnification = 100 μm and high
magnification = 40 μm. GFAP, glial fibrillary acidic protein; CD, cluster of differentiation; Iba1, ionized
calcium binding adaptor molecule 1.

3.2. SCI Results in Glial Scar Formation

Immunofluorescent staining for the astrocyte-specific marker GFAP and microglial/
macrophage-specific markers CD11b, CD68, and Iba1 at 21 and 28 days after SCI showed
that activated GFAP+ astrocytes formed a dense glial scar at the injury border surrounding a
core lesion consisting of activated, phagocytic microglia/macrophages (Figure 1d). CD11b+,
CD68+, and Iba1+ cells were also located in the peri-lesion areas surrounding the core lesion
area although not to the same extent (Figure 1d).
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3.3. Tnf mRNA Synthesis Increases in the Acute Phase after SCI

We used in situ hybridization to determine the topology of cells expressing Tnf mRNA
in the acute phase after SCI. No Tnf mRNA was detected under naïve conditions (Figure 2a).
Already after 1 h, Tnf mRNA expression was detected in glial-like cells located in the white
matter of the posterior funiculi (Figure 2b) and also in neuron-like cells located in the
grey matter of the dorsal horn (Figure 2c). At 3 h after SCI, a high number of Tnf mRNA-
expressing glial-like cells were scattered throughout the lesioned posterior funiculi white
matter (Figure 2d) as well as in the dorsal and ventral horns (Figure 3e, shown for the
ventral horn only). Tnf mRNA+ cells in the white matter had a glial-like morphology
(Figure 3f). At 6 h (Figure 2g), 12 h (Figure 2h), and 24 h (Figure 2i) after SCI, Tnf mRNA+

glial-like cells were still found in the posterior and lateral funiculi although fewer in number
than at 3 h. Gapdh mRNA expression was used as control, confirming the suitability of the
tissue for in situ hybridization (Figure 2j). Buffer (Figure 2k) and RNase (Figure 2l) controls
were devoid of signal.

Figure 2. Cellular and temporal expression of Tnf mRNA in the thoracic spinal cord after SCI. (a–i)
In situ hybridization was used to investigate the distribution of Tnf mRNA+ cells the first 24 h after
SCI. Tnf mRNA expression was undetectable in naïve mice (a). Tnf mRNA+ cells in the white matter
of the posterior funiculi (arrows in b) and in neuronal-like cells in the dorsal horn (arrowhead in c), at
1 h after SCI. Tnf mRNA+ cells in the white matter of the posterior funiculi (d) and in the grey matter
of the ventral horn (e). At 3 h, most cells displayed macrophage- or glial-like morphology (arrows
in f). By 6 h (g), 12 h (h), and 24 h (i), Tnf mRNA+ cells were mainly located in white matter areas
of the damaged spinal cord (arrows). (j) Parallel spinal cord sections that were in situ hybridized
for glyceraldehyde-3-phosphate dehydrogenase (Gapdh) mRNA showed a largely neuronal signal
and confirmed the overall suitability of the tissue for in situ hybridization. (k,l) Parallel sections
hybridized with buffer alone (k) or pretreated with RNAse A before the in situ hybridization (l) were
devoid of signal. (m–o) RT-qPCR analysis of Tnf mRNA (m), Tnfrsf1a mRNA (n), and Tnfrsf1b mRNA
(o) levels in naïve mice and in mice allowed 1, 3, 6, and 12 h and 1, 3, 7, 14, and 28-days survival after
SCI. Tnf mRNA levels were significantly increased at 1, 3, and 6 h and 7 days after SCI, compared to
naïve mice (Time: p < 0.0001, F9,39 = 58.14) (m). Tnfrsf1a mRNA levels significantly increased from 6
h to 28 days after SCI, compared to naïve mice (Time: p < 0.0001, F9,39 = 20.01) (n). Tnfrsf1b mRNA
levels significantly increased at 3 h after SCI, compared to naïve mice (Time: p = 0.009, F9,39 = 2.965).
Results are expressed as mean ± SEM, n = 5/group, * p < 0.05, ** p < 0.01, *** p < 0.001, **** p < 0.0001.
Scale bars: (a–c, f–i, k,l) = 40 μm, (d,e) = 100 μm, and (j) = 200 μm.
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Figure 3. Overview of the spatiotemporal expression of TNF after SCI. (a,b) Temporal expression
of TNF levels in the acute (a) and delayed (b) phase after SCI. Statistical indications represent
comparisons to sham mice in the acute phase (SCI: p < 0.0001, F1,48 = 31.7; Time: p < 0.0001, F5,48

= 105.4; Interaction: p = 0.0008, F5,48 = 5.08) and delayed phase (Interaction: F4,39 = 3.05, p = 0.03;
Time: F4,39 = 5.22, p = 0.002; SCI: F1,39 = 30.74, p < 0.0001) after SCI. Results are expressed as mean
± SEM, n = 5/group, ** p < 0.01, *** p < 0.001, **** p < 0.0001. (c,d) Representative images of TNF
immunoreactivity in grey matter of the dorsal horn and the lateral funiculus (c), as well as the
posterior funiculus (d) of mice that survived 1 h after SCI. (e,f) At 3 h, TNF immunoreactivity was
high in the dorsal parts of the lesioned spinal cord. (g) Combined in situ hybridization for Tnf mRNA
(green, arrow) and immunohistochemistry for astroglial GFAP (red, arrowhead) 3 h after SCI. (h)
Double immunofluorescent staining for astroglial GFAP (green, arrow heads) and TNF (red, arrows) 3
h after SCI. Insert demonstrates that a minority of GFAP+ cells (green, arrowhead) co-expressed TNF
(red, arrow). (i–m) Representative images of TNF immunoreactivity 6 h (i–k) and 24 h (l,m) after SCI.
(n) Double immunofluorescent staining for TNF (red, arrow) and the microglial/macrophage marker
CD11b (green) showed colocalization of TNF on CD11b+ cells near the lesion 21 days after SCI. (o)
Double immunofluorescent staining for TNF (red) and the CD11b (green) showed colocalization
of TNF on CD11b+ cells located at the peri-lesion area 28 days after SCI. DAPI (blue) was used
as a nuclear marker. (p) TNF was also found in CD11b− cells 28 days after SCI. (q,r) Control
reactions demonstrating absence of specific staining in tissue sections incubated with rabbit IgG
(q) or with buffer alone (r). (s) Spinal cord section stained for astrocytic GFAP as a control for the
immunohistochemical reaction. (t,u) Thoracic spinal cord tissue sections from a Tnf−/− mouse 3 h
after SCI, demonstrating absence of specific TNF staining. Scale bars: (c,f,j,q) = 40 μm, (e,i,t,u,o) =
100 μm, and (d,g,h,k,l–n,p,r,s) = 200 μm. CD, cluster of differentiation; GFAP, glial fibrillary acidic
protein; TNF, tumor necrosis factor.
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The in situ hybridization data were supported by RT-qPCR analysis of the temporal
expression of Tnf mRNA in spinal cord tissue after SCI (Figure 2m). Tnf mRNA levels
increased rapidly after SCI, with the highest expression detected at 1 and 3 h after SCI
compared to naïve, and levels were still elevated at 6 h after SCI. A small, but significant,
increase was also observed 7 days after SCI (Figure 2m).

The gene expression of the two TNF receptors, Tnfrsf1a and Tnfrsf1b, was also measured
using RT-qPCR analysis (Figure 2n,o). Tnfrsf1a mRNA expression steadily increased from
6 h after SCI, reaching peak levels at 14 days after SCI, whereafter it started to decline,
although it was still significantly elevated at 28 days compared to naïve (Figure 2n).

Tnfsf1b mRNA expression was significantly increased 3 h after injury and quickly
decreased thereafter (Figure 2o). A second increase was observed 7 days after SCI; however,
this increase did not quite reach statistical significance (p = 0.08).

3.4. TNF Is Increased on Glial Cells after SCI

To investigate TNF protein levels after SCI, we performed electrochemiluminescence
multiplex analysis on spinal cord tissue from mice subjected to SCI and compared to naïve and
sham mice (Figure 3a,b). TNF levels increased significantly over time in SCI mice compared to
naïve mice. In line with our in situ hybridization and RT-qPCR analysis, TNF levels peaked 3 h
after SCI and was still elevated at 6 h, compared to sham and naïve mice (Figure 3a). In the more
delayed phase, TNF levels were significantly increased at 3 and 7 days after SCI, compared to
sham and naïve mice (Figure 3b). Using immunohistochemistry, TNF immunoreactivity was
demonstrated in scattered cells located in the dorsal horns and posterior and lateral funiculi, as
well as around blood vessels 1 h after SCI (Figure 3c,d). TNF immunoreactivity was intensified
in the posterior part of the damaged spinal cord 3 h after SCI (Figure 3e,f), at which time point
Tnf mRNA (Figure 3g) and TNF protein (Figure 3h) expression was mostly confined to GFAP−

cells although a few GFAP+ astrocytes also co-expressed TNF (insert in Figure 3h). At 6 h
after SCI, TNF immunoreactivity was localized throughout the damaged spinal cord, especially
around blood vessels (Figure 3i–k). At 24 h, TNF expression was scarcely distributed throughout
the spinal cord, with the overall TNF immunoreactivity decreasing at this time point compared
to earlier time points (Figure 3l,m). Immunofluorescence double labeling demonstrated that
TNF co-localized to CD11b+ immune cells located within the lesion and in the peri-lesion area
(Figure 3n) at 21 and 28 days after SCI. Serum (Figure 3q) and buffer (Figure 3r) controls were
devoid of staining. Immunohistochemical staining for the abundant astroglial marker GFAP
was used as a positive control for the immunohistochemical procedure (Figure 3s). Tissue
sections from Tnf−/− mice subjected to SCI were devoid of specific TNF immunoreactivity
(Figure 3t), just as double fluorescent staining for GFAP and TNF in Tnf−/− mice subjected to
SCI were devoid of specific TNF staining (Figure 3u).

3.5. TNFR1 and TNFR2 Expression Increases in the Lesioned Spinal Cord

We analyzed the temporal and cellular expression of TNFR1 and TNFR2 in spinal
cord tissue from naïve and sham mice, as well as mice that had survived 1, 3, 6, 12, and
24 h and 3, 7, 14, and 28 days after SCI (Figure 4). TNFR1 levels were found to increase
significantly from 24 h after SCI and onwards (Figure 4a,b). Double immunofluorescent
staining showed that TNFR1 expression was absent within the core of the lesion site, where
microtubule associated protein 2+ (MAP2+) neurons were also absent (Figure 4c). TNFR1
expression was upregulated in areas of MAP2+ degenerating neurons located in the grey
matter of the peri-lesion area (Figure 4d), and its expression co-localized to ascending and
descending fiber tracts more distant from the lesion area at 21 days after SCI (Figure 4e).
Additionally, at 28 days, TNFR1 expression was upregulated in areas near the lesion site,
alongside MAP2+ degenerating neurons (Figure 4f). TNFR1 expression was found to co-
localize to the soma and fibers of MAP2+ cells (Figure 4g, shown for 28 days only). CD68+

microglia/macrophages aligned along the damaged ascending and descending fiber tracts
of the white matter, where TNFR1 expression was also localized (Figure 4h, shown for 21
days only).
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Figure 4. Spatiotemporal expression of TNF receptor 1 and 2 after SCI. (a,b) TNFR1 protein levels
in the acute (a) and delayed (b) phases after SCI. Significant indications represent comparisons to
sham mice in the acute phase (a, Interaction: F5,48 = 4.52, p = 0.002; Time: F5,48 = 45.74, p < 0.0001;
SCI: F1,48 = 2.19, p = 0.15) and delayed phase (b, Interaction: F4,40 = 49.51, p < 0.0001; Time: F4,40 =
52.17, p < 0.0001; SCI: F1,40 = 406.5, p < 0.0001) after SCI. (c–g) Immunofluorescent double labelling
for TNFR1 (red) and neuronal MAP2 (green) within the lesion site (c), peri-lesion area (d,f,g), as well
as distant from the lesion site (e) at 21 (c–e) and 28 (f,g) days after SCI. (h) Immunofluorescent double
labelling for TNFR1+ (red) and CD68+ (green) cells 21 days after SCI. (i,j) TNFR2 protein levels in the
acute phase (i, Interaction: F5,47 = 0.42, p = 0.83; Time: F5,47 = 3.89, p < 0.005; SCI: F1,47 = 1.75, p = 0.19)
and delayed phase (j, Interaction: F4,40 = 25.04, p < 0.0001; Time: F4,40 = 36.07, p < 0.0001; SCI: F1,40

= 2702.8, p < 0.0001) after SCI. (k–n) Immunofluorescent double labelling for TNFR2 (red: k,l and
green: (m,n) and GFAP+ astrocytes (green: (k,l) and red: (m,n)) and CD11b+ microglia/macrophages
(green: (l)) at 21 (k) and 28 (l–n) days after SCI. (o–q) Immunofluorescent double labeling of TNFR2+

cells (arrows in (o)) and CD68+ microglia/macrophages (arrow heads in (o)). (p) Only a few CD68+

cells co-expressed TNFR2. (q) represents a high magnification image of the area squared in (p),
demonstrating TNFR2 + CD68+ cells located in the peri-lesion areas 21 days after SCI (arrow heads in
(q)). DAPI was used as a nuclear marker. Scale bars: (k,m) = 100 μm, (c–f,h,n–p) = 40 μm, and (g,l,q)
= 20 μm. Results are expressed as mean ± SEM, n = 5/group, **** p < 0.0001. GFAP, glial fibrillary
acidic protein; MAP2, microtubule associated protein 2; TNFR, tumor necrosis factor receptor.

TNFR2 levels were not significantly altered in the acute phase after SCI (Figure 4i),
but levels increased significantly in the more delayed phase, i.e., from 3 days after SCI and
onwards (Figure 4j). Double immunofluorescence staining demonstrated that at 21 and 28
days after SCI, TNFR2 co-localized to GFAP+ astrocytes forming the glial scar and CD11b+

microglia (Figure 4k–n), but to some extent also to cells, possibly infiltrating macrophages,
located in the core of the lesion (Figure 4m,n). At 21 days after SCI, immunofluorescent
double labeling of CD68+ microglia/macrophages and TNFR2 expression (Figure 4o–q)
showed that TNFR2 expression was absent in most CD68+ cells (Figure 4o), although a
minority of the cells co-expressed TNFR2 (Figure 4p,q).

34



Biology 2022, 11, 939

3.6. SCI Results in Increased Levels of Inflammatory Cytokines

To assess the temporal expression of selected inflammatory cytokines known to be impor-
tant after SCI [4,40], we analyzed gene and protein expression levels of IL-1β, IL-6, IL-10, and
CXCL1 after SCI (Figure 5). We found that Il1b mRNA levels increased significantly from 3–12 h
after SCI, compared to naïve conditions (Figure 5a). This increase was followed by a transient
increase in IL-β levels at 6 and 12 h after SCI (Figure 5b). A second increase in IL-1β levels
could be detected in the delayed phase after SCI, from day 7 and onwards, with the highest
expression on day 14 (Figure 5c). Il6 mRNA levels significantly increased at 6 and 12 h after SCI
(Figure 5d) and was paralleled by a transient increase in IL-6 levels (Figure 5e). A second peak
in IL-6 levels was found 3 days after SCI (Figure 5f). Il10 mRNA levels increased rapidly at 1
and 3 h after SCI whereafter they decreased again (Figure 5g). IL-10 levels transiently increased
6 h after SCI (Figure 5h) and then returned to baseline levels (Figure 5h–i). Cxcl1 mRNA levels
did not change significantly after SCI, but there was a trend towards an increase at 6 h (p = 0.09,
Figure 5j). In contrast, CXCL1 levels increased transiently at 6 and 12 h after SCI (Figure 5k),
and again from day 3 and onwards (Figure 5l).

Figure 5. Temporal expression of inflammatory cytokines after SCI. (a–c) Temporal expression of Il1b

mRNA ((a), p < 0.0001, Time: F9,39 = 17.04) and IL-1β levels in the acute phase ((b), Interaction: F5,47 = 3.07,
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p = 0.02; Time: F5,47 = 17.76, p < 0.0001; SCI: F1,47 = 10.86, p = 0.002) and delayed phase ((c), Interaction: F4,39

= 32.72, p < 0.0001; Time: F4,39 = 32.06, p < 0.0001; SCI: F1,39 = 175.6, p < 0.0001) after SCI. (d–f) Temporal
expression of Il6 mRNA ((d), Time: F9,34 = 3.33, p = 0.005) and IL-6 levels in the acute phase ((e), Interaction:
F5,48 = 14.96, p < 0.0001; Time: F5,48 = 25.49, p < 0.0001; SCI: F1,48 = 42.99, p < 0.0001) and delayed phase ((f),
Interaction: F4,39 = 34.84, p < 0.0001; Time: F4,39 = 39.20, p < 0.0001; SCI: F1,39 = 65.39, p < 0.0001) after SCI.
(g–i) Temporal expression of Il10 mRNA ((g), Time: F9,39 = 9.648, p < 0.0001) and IL-10 levels in the acute
phase ((h), Interaction: F5,48 = 2.10, p = 0.08; Time: F5,48 = 4.58, p < 0.002; SCI: F1,48 = 4.21, p < 0.05) and
delayed phase ((i), Interaction: F4,39 = 2.56, p = 0.05; Time: F4,39 = 13.23, p < 0.0001; SCI: F1,39 = 0.06, p =
0.81) after SCI. (j–l) Temporal expression of Cxcl1 mRNA ((j), Time: F9,39 = 1.786, p = 0.1023) and CXCL1
levels in the acute phase ((k), Interaction: F5,48 = 39.83, p < 0.0001; Time: F5,48 = 69.33, p < 0.0001; SCI: F1,48

= 93.31, p < 0.0001) and delayed phase ((l), Interaction: F4,39 = 10.89, p < 0.0001; Time: F4,39 = 22.51, p <
0.0001; SCI: F1,39 = 96.25, p < 0.0001) after SCI. Results are expressed as mean ± SEM, n = 5/group, * p <
0.05, ** p < 0.01, *** p < 0.001, **** p < 0.0001. One technical outlier was excluded in the day 28 sham group.
For mRNA analysis, significant indications represent comparisons to naïve conditions and for protein
analyses comparisons to sham mice.

3.7. SCI Results in Microglial Activation and Immune Cell Infiltration into Spinal Cord

We performed flow cytometry analysis to estimate microglial and infiltrating immune
cell populations in the spinal cord of naïve mice and mice surviving 3 and 24 h as well as 14,
21, and 28 days after SCI (Figure 6). We gated only live cells and included CD11b+CD45dim

microglia and infiltrating CD11b+CD45high leukocytes, which were further gated into
Ly6G+Ly6C+ granulocytes and Ly6G−Ly6C+ monocytes (Figure 6a). We estimated the
total number of microglia (Figure 6b–c) and infiltrating leukocytes (Figure 6d–e), as well
as the number of macrophages (Figure 6f–g) and granulocytes (Figure 6h–i), in the lesion
(open bars) and peri-lesion (checkered bars) areas. We found that microglial cell numbers
increased significantly in the lesion compared to the peri-lesion area 3 h after SCI and
stayed high in both the lesion and peri-lesion areas at 24 h (Figure 6b). In the chronic
phase after SCI, microglial numbers were comparable between the lesion and peri-lesion
area, except for 21 days after SCI, where microglial numbers were increased in the lesion
area compared to the peri-lesion area (Figure 6c) The total number of infiltrating leuko-
cytes increased significantly within the lesion area 24 h after SCI (Figure 6d), with both
significantly increased numbers of macrophages (Figure 6f) and granulocytes (Figure 6h)
located within the lesion area. In the chronic phase after SCI the number of infiltrating
leukocytes (Figure 6e), including macrophages (Figure 6g) and granulocytes (Figure 6i),
was comparable between the lesion and peri-lesion sites. Changes in the percentages of the
cell populations after SCI can be found in Supplementary Figure S1.
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Figure 6. Changes in microglia and leukocyte populations after SCI. (a) Representative dot plots show-
ing the gating strategy. Only live cells were included. (b,c) Number of microglia (CD11b+CD45dim)
in the acute ((b), Interaction: F2,28=35.16, p < 0.0001; Time: F2,28 = 18.19, p < 0.0001; Site: F1,28 = 10.26,
p = 0.003) and chronic ((c), Interaction: F2,22 = 2.04, p = 0.15; Time: F2,22 = 4.37, p = 0.03; Site: F1,22 =
11.14, p = 0.003) phases after SCI. (d,e) Number of infiltrating leukocytes (CD11b+CD45high) in the
acute ((d), Interaction: F2,28 = 80.03, p < 0.0001; Time: F2,28 = 154.9, p < 0.0001; Site: F1,28 = 32.13, p <
0.0001) and chronic ((e), Interaction: F2,22 = 0.24, p = 0.79; Time: F2,22 = 4.09, p = 0.03; Site: F1,22 = 4.44,
p < 0.05) phases after SCI. (f,g) Number of infiltrating Ly6C+Ly6G− macrophages in the acute ((f),
Interaction: F2,28 = 31.60, p < 0.0001; Time: F2,28 = 66.72, p < 0.0001; Site: F1,28 = 17.75, p = 0.0002) and
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chronic ((g), Interaction: F2,22 = 0.06, p = 0.94; Time: F2,22 = 3.33, p = 0.05; Site: F1,22 = 1.54, p = 0.23) phases
after SCI. (h,i) Number of infiltrating Ly6C+Ly6G+ granulocytes in the acute ((h), Interaction: F2,28 = 39.45,
p < 0.0001; Time: F2,28 = 37.67, p < 0.0001; Site: F1,28 = 20.19, p = 0.0001) and chronic ((i), Interaction: F2,22 =
1.52, p = 0.24; Time: F2,22 = 0.73, p = 0.49; Site: F1,22 = 1.29, p = 0.27) phases after SCI. (j,k) MFI for CD11b on
microglia in the acute ((j), Interaction: F2,28 = 4.19, p = 0.03; Time: F2.28 = 20.58, p < 0.0001; Site: F1,28 = 1.66,
p = 0.21) and chronic ((k), Interaction: F2,22 = 0.92, p = 0.92; Time: F2,22 = 0.37, p = 0.69; Site: F1,22 = 14.62, p

= 0.0009) phases after SCI. (l,m) MFI for CD11b on macrophages in the acute ((l), Interaction: F2,28 = 118.8,
p < 0.0001; Time: F2,28 = 480.0, p < 0.0001; Site: F1,28 = 145.80, p < 0.0001) and chronic ((m), Interaction:
F2,22 = 0.54, p = 0.59; Time: F2,22 = 0.27, p = 0.77; Site: F1,22 = 9,71, p = 0.005) phases after SCI. (n,o) MFI
for CD11b on granulocytes in the acute ((n), Interaction: F2,28 = 51.38, p < =0.0001; Time: F2,28 = 62.49, p

< 0.0001; Site: F1,28 = 97.29, p < 0.0001) and chronic ((o), Interaction: F2,22 = 0.76, p = 0.48; Time: F2,22 =
1.92, p = 0.17; Site: F1,22 = 0.88, p = 0.36) phases after SCI. (p,q) MFI for CD45 on microglia in the acute
((p), Interaction: F2,28 = 10.41, p = 0.0004; Time: F2,28 = 5.50, p < 0.01; Site: F1,28 = 27.81, p < 0.0001) and
chronic ((q), Interaction: F2,22 = 3.03, p = 0.07; Time: F2,22 = 0.01, p = 0.99; Site: F1,22 = 9.55, p = 0.005) phases
after SCI. (r,s) MFI for CD45 on macrophages in the acute ((r), Interaction: F2,28 = 3.01, p = 0.07; Time: F2,28

= 29.90, p < 0.0001; Site: F1,28 = 11.08, p = 0.003) and chronic ((s), Interaction: F2,22 = 0.73, p = 0.50; Time:
F2,22 = 0.14, p = 0.87; Site: F1,22 = 0.76, p = 0.39) phases after SCI. (t,u) MFI for CD45 on granulocytes in
the acute ((t), Interaction: F2,28 = 33.17, p < =0.0001; Time: F2,28 = 255.9, p < 0.0001; Site: F1,28 = 63.45, p <
0.0001) and chronic ((u), Interaction: F2,22 = 1.52, p = 0.24; Time: F2,22 = 0.73, p = 0.49; Site: F1,22 = 1.29, p =
0.27) phases after after SCI. Open bars represent the lesion site, checkered bars represent the peri-lesion
site. Results are expressed as mean ± SEM, n = 5–11/group, * p < 0.05, ** p < 0.01, *** p < 0.001, and
**** p < 0.0001.

MFI for CD11b (Figure 6j–o) and MFI for CD45 (Figure 6p–u) were significantly
increased on microglia (Figure 6j,p) and macrophages (Figure 6l,r) located within the lesion
area compared to the peri-lesion area, 24 h after SCI, just as MFI for CD11b and CD45 on
microglia was increased in the lesion area compared to the peri-lesion area 28 days after
SCI (Figure 6k,q). In the chronic phase after SCI, MFI for CD11b and MFI for CD45 on
macrophages (Figure 6m,s) did not differ between the lesion and peri-lesion areas. MFI for
CD11b and CD45 on granulocytes (Figure 6h,k) were already significantly increased in the
lesion area 3 h after SCI and remained increased at 24 h, compared to the peri-lesion area.
No differences were observed in the chronic phase after SCI (Figure 6o,u).

We further characterized microglial/macrophage responses in the spinal cord after SCI
using RT-qPCR (Figure 7a–e). We found that Itgam (Figure 7a) and Cx3cr1 (Figure 7b) mRNA
levels increased significantly at day 3 and remained elevated until 28 days, compared to
naïve controls. Trem2 mRNA levels increased transiently 7 days after SCI, compared to
naïve conditions (Figure 7c). Arg1 mRNA levels increased significantly 24 h after SCI and
remained elevated until day 7, after which they declined (Figure 7d). The gene expression
for the purinergic receptor P2ry12 was significantly elevated 3 days after SCI and remained
elevated throughout the experiment (Figure 7e).
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Figure 7. Characterization of microglia/macrophage reactions after SCI. (a–e) Temporal expression
of Itgam ((a), Time: F9,38 = 30.97, p < 0.0001), Cx3cr1 ((b), Time: F9,38 = 77.32, p < 0.0001), Trem2 ((c),
Time: F9,37 = 3.218, p = 0.006), Arg1 ((d), Time: F9,39 = 113.6, p < 0.001), and P2ry12 ((e), Time: F9,38

= 48.17, p < 0.001) mRNA levels after SCI. Results are presented as mean ± SEM, n = 5/group, * p

< 0.05 and **** p < 0.0001. (f) Immunofluorescence double labeling of Iba1+ (green) and Gal3+ (red,
upper panel), CD68+ (red, middle panel), or CD11b+ (red, lower panel) cells at 21 and 28 days after
SCI. High magnification images represent squared areas in the low magnification images. Scale bars:
low magnification = 100 μm and high magnification = 40 μm. CD, cluster of differentiation; Gal3,
galectin-3; Iba1, ionized calcium binding adaptor molecule 1.

To evaluate the presence and location of activated microglia/macrophages in the
injured spinal cord, we performed double immunofluorescence staining for microglial
and macrophage-specific calcium-binding protein (Iba1), together with either galectin-3
(Gal3), a marker for microglial/macrophage activation [41] (upper panel in Figure 7f), the
phagocytic lysosomal marker CD68 (middle panel in Figure 7f), or the general leukocyte
and microglial marker CD11b (lower panel in Figure 7f) at 21 and 28 days after SCI. At both
time points, Gal3, CD68, and CD11b expression was confined to CD11b+ cells located in the
core of the lesion. In the peri-lesion area, only a subpopulation of Iba1+ cells co-expressed
Gal3, CD68, or CD11b, demonstrating that different subsets of microglia express different
markers in the peri-lesion area after SCI.
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3.8. The Cellular Source of TNF and Its Receptors in Human Traumatic Spinal Cord Injury

Consistent with our mouse studies, we observed that TNF co-localized to a subset of
Iba1+ microglia/macrophages (Figure 8a,b) and to a minority of CD68+ phagocytes (Figure 8c)
in postmortem tissue derived from individuals with SCI. TNF did not co-localize to GFAP+

astrocytes (Figure 8d). TNFR1 co-localized to NF-L+ proximal dendrites (Figure 8e), and TNFR2
to GFAP+ astrocytes (Figure 8f) as well as Iba1+ microglia (Figure 8g), whereas TNFR2 did
not co-localize to NF-L+ neurons (Figure 8h). IL-1β was abundant in the lesioned spinal cord
(Figure 8i,j), but only a minority was expressed by Iba1+ microglia (Figure 8j). Similar to our
mouse studies (Figure 7b), we observed CD68+Iba1+ phagocytic cells throughout the lesioned
spinal cord (Figure 8k,l).

Figure 8. Characterization of TNF and TNFR in individuals with SCI. (a,b) Immunofluorescent
double labeling of TNF (red) and Iba1 (green) expressing microglia/macrophages (arrows) in the
spinal cord of an 33-year-old man with a 3-week-old C6–7 SCI. (c) Immunofluorescent double
labeling of TNF (green) and CD68 (red) phagocytic cells in the spinal cord of an 65-year-old man
with a 5-week-old C5 SCI. (d) Immunofluorescent double labeling of TNF+ (green) cells and GFAP+

astrocytes (red) in a 61-year-old man with a 2-week-old C1-2 SCI. (e) Immunofluorescent double
labeling of TNFR1+ (red) and NF-L+ (green) neuronal fibers in an 67-year-old man with a 6-week-old
C5-7 SCI. (f) Immunofluorescent double labeling of TNFR2 (red) and astroglial GFAP (green) in
an 80-year-old woman with a 2-month-old C8-T1 SCI. (g) Immunofluorescent double labelling of
TNFR2+ (red) and Iba1+ (green) microglia (arrow) in a 67-year-old man with a 6-week-old C5-7 SCI.
(h) Immunofluorescent double labeling of TNFR2+ (red) cells and NF-L+ (green) neuronal fibers in
an 33-year-old man with a 3-week-old C6-7 SCI. (i,j) Immunofluorescent double labeling of IL-1β
(red) and Iba1 (green) in a 65-year-old man with a 5-week-old C5 SCI. IL-1β was found to co-localize
to a subpopulation of Iba1+ microglia (arrow in h). (k,l) Immunofluorescent double labeling of CD68
(red) and Iba1 (green) in a 67-year-old man with a 6-week-old C5-7 SCI (k) and a 33-year-old man
with a 3-week-old C6-7 SCI (l). Scale bars: (a,d,e,i,l) = 20 μm; (b,c,g,j) = 40 μm; (f,g,h) = 100 μm. (m,n)
CSF TNF (m) and TNFR1 (n), Time: F3,30 = 10.33, p = 0.003) levels in individuals with SCI. Results are
expressed as mean ± SEM, n = 5–12/group, * p < 0.05,** p < 0.01. CD, cluster of differentiation; GFAP,
glial fibrillary acidic protein; Iba1, ionized calcium-binding adaptor molecule 1; IL, interleukin; NF-L,
neurofilament light chain; TNF, tumor necrosis factor; TNFR, TNF receptor.
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Using ELISA analysis, we observed no significant changes in CSF TNF levels between
controls and individuals with sub-acute, early chronic, or late chronic SCI (Figure 8k). We
observed no correlation between CSF TNF levels and age (Spearman ρ = 0.05, p = 0.84). In
contrast, TNFR1 levels were significantly upregulated in individuals with SCI in the acute
phase after SCI (Figure 8l). We observed no correlation between CSF TNFR1 levels and age
(Spearman ρ = 0.16, p = 0.38).

4. Discussion

In the present study, we investigated neuroinflammatory responses and determined
the temporal expression and cellular sources of TNF and its receptors, TNFR1 and TNFR2,
in the acute and delayed phases after SCI.

It is well-known that SCI triggers a well-characterized innate cellular immune re-
sponse initiated by microglia and amplified by peripheral myeloid cells, mainly neutrophils
and monocytes, which migrate to the injury site [3]. By 3 days, most glial cells, including
astrocytes and microglia, are at the peak of their proliferative state, resulting in the recov-
ery of cell numbers and initiation of astroglial gliosis [42]. At the same time, monocytes
differentiate into macrophages [43] and by 7 days, macrophages have reached their peak.
In the present study, we found a rapid and transient increase in TNF expression between 1
and 6 h after SCI, followed by a more delayed increase between 3 and 14 days after SCI.
The rapid increase in TNF levels implies that TNF is an acute driver of neuroinflamma-
tion after SCI, and this is supported by others [10,12–14,44–46]. Early after SCI, TNF was
expressed within or just near the lesion, and a few Tnf mRNA+ cells were also detected
near blood vessels, indicating that as well as modulating neuroinflammation locally, TNF
also participates in signaling to the periphery [11,13]. Combined in situ hybridization
and immunofluorescent staining for astrocytes co-localized Tnf mRNA to a few GFAP+

astrocytes 3 h after SCI, but Tnf mRNA+ neuron- and microglial-like cells were also present.
Immunohistochemical analysis revealed that TNF was expressed by cells located in prox-
imity to vessels, suggesting that infiltrating immune cells are major producers of TNF
in the acute phase after SCI. These findings are supported by previous reports that also
demonstrate TNF expression by neurons, microglia, and astrocytes, in addition to oligo-
dendrocytes in the acute phase after SCI [12–14,17,47]. In the present study, we extend
previous findings of increased Tnf mRNA levels in the delayed phase after SCI [13] by
showing increased TNF expression from 3 to 14 days after SCI, correlating with the time
points of peripheral immune cells infiltration into the injured spinal cord [40]. By 21 and
28 days after SCI, TNF was expressed mainly by CD11b+ cells, i.e., microglia and possibly
infiltrating macrophages [20]. In the human spinal cord, we found TNF to be expressed
mainly by Iba1+ cells, i.e., microglia and infiltrating macrophages, and to a lesser extent
by CD68+ cells, presumably phagocytosing macrophages, demonstrating the translational
relevance of our mouse studies. Speculation has been made as to whether the early increase
in TNF expression exhibits the more detrimental role of TNF after SCI [47–49], while the
secondary increase promotes neuroprotection and tissue healing [23]. However, blocking
TNF with etanercept, a non-selective TNF inhibitor of both tmTNF and solTNF, 14 days
after SCI did not affect functional recovery after SCI [18], and we recently showed that
myeloid-derived TNF (e.g., macrophages and granulocytes), which are main contributors
of TNF in the delayed phase [20], play a detrimental role in SCI [26], thus, leaving the
assumption unresolved so far.

TNF mediates its signaling through its two receptors, TNFR1 and TNFR2 [50], and the
upregulation of TNFR1 and TNFR2 by neurons, oligodendrocytes, and astrocytes, but not
on resting microglia, have been reported in the acute phase after SCI [16]. In the present
study, we demonstrated significantly increased Tnfrsf1a mRNA levels from 6 h after SCI,
while TNFR1 levels increased significantly from 24 h and onwards after SCI. TNFR1 pri-
marily co-localized to the soma of MAP2+ degenerating neurons located in the peri-lesion
grey matter and to ascending and descending white matter fiber tracts. This was verified in
human postmortem tissue, where TNFR1 co-localized to NF-L+ proximal dendrites in the
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injured spinal cord. TNFR1 is associated with neurodegeneration [51], and neuronal TNFR1
has been shown to enhance demyelination and exacerbate microglial inflammation [52].
Thus, our findings suggest that chronic inflammation after SCI may be sustained or pro-
moted by increased TNFR1 expression. Additionally, TNFR2 levels increased significantly
in the delayed phase after SCI. TNFR2 co-localized to GFAP+ astrocytes and to CD68+ and
CD11b+ microglia/macrophages located in the peri-lesion site at 21 and 28 days after SCI
in mice. This was supported by our findings of TNFR2 expression by GFAP+ astrocytes
and Iba1+ microglia/macrophages in the human spinal cord after SCI. The increase in
TNFR2 expression by microglia is believed to be neuroprotective. In support of this, TNFR2
activation on microglia promotes the induction of anti-inflammatory pathways, and TNFR2
ablation in microglia led to the early onset of experimental autoimmune encephalomyelitis,
an animal model of multiple sclerosis, with increased leukocyte infiltration, T cell activation,
and demyelination [53,54]. Moreover, TNFR2 expression by astrocytes might be important
for remyelination after SCI [55,56].

IL-1β, IL-6, and CXCL1 levels also increased rapidly in response to SCI. IL-1β and
CXCL10 remained elevated throughout the study, whereas IL-6 returned to baseline levels
7 days after SCI. IL-10 increased only transiently 6 h after SCI. IL-10 is an anti-inflammatory
cytokine [57,58] and sustained microglial activation can be inhibited by IL-10 [59]. Thus,
the low IL-10 levels in the delayed phase of SCI may help sustain chronic inflammation
following SCI [60], a hypothesis that is supported by findings of reduced inflammation,
limited neuronal damage, and improved functional recovery following systemic adminis-
tration of IL-10 in rats subjected to SCI [58,61]. IL-1β levels increased transiently from 6–12
h after SCI and again from day 7 until the end of the experiment, and IL-1β was also highly
expressed in the human spinal cord after SCI. IL-1β is known to play a detrimental role in
the progression of CNS injury and to contribute to maintaining microglial/macrophage
activation [62–64]. IL-1knockout mice show improved locomotor activity, reduced lesion
volume, and increased cell survival after SCI [64,65], and acute IL-1 receptor antagonist
treatment has been shown to suppress peripheral and central inflammatory responses
in SCI [66], suggesting that also IL-1 plays an important role in SCI. We suggest that the
early the upregulation of IL-6 that is detected after SCI is detrimental and promotes a
pro-inflammatory environment, whereas its expression in the delayed phase might be
important for healing after SCI. This is based on observations showing that transiently
blocking IL-6 activity in the acute phase improves functional recovery and dampens the
neuroinflammatory response after SCI [67]. However, continuously blocking IL-6 signaling
suppresses axonal regeneration and causes failed gliosis [68–70]. Our findings of a sig-
nificant elevation in CXCL1 levels from 6 h after SCI are consistent with its well-known
function as a chemokine that attracts peripheral immune cells to the injured cord [71] and
identifies CXCL1 as an important player in the acute and chronic inflammatory response
after SCI.

In the normal CNS, microglia display high expression of homeostatic markers, such
as the purinergic receptor P2RY12 and the fractalkine receptor CX3CR1 [72]. During the
first two weeks after SCI, microglia have been shown to proliferate extensively, and they
accumulate around the lesion, where they position themselves at the interface between
infiltrating leukocytes and astrocytes [73]. The first week after SCI, the lesion area has been
shown to contain four different microglial subtypes; homeostatic microglia (predominant
in the uninjured spinal cord) and inflammatory, dividing, and migrating nonhomeostatic
microglia [74]. Inflammatory microglia, the predominant microglial cell type, were mostly
associated with cell death and cytokine production, and were identified by low expression
of P2ry12. Dividing microglia, mostly related to cell cycle, and migrating microglia also
expressed low levels of P2ry12. In our study, we found that P2ry12 levels decreased in the
acute phase but restored to uninjured levels and even to increased levels 3 days after SCI.
This change was paralleled by similar changes in Cx3cr1. Itgam levels increased from day 3.
We also observed increased microglial numbers and increased activation within the lesion
area between 3 and 24 h after SCI, with increased MFI for CD11b and CD45, along with
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increased levels of pro-inflammatory cytokines in the acute phase after SCI. This supports
the findings of inflammatory and dividing nonhomeostatic microglia in the lesioned cord
in the acute phase after SCI. Despite the presence of high numbers of cytokine-producing
inflammatory and proliferating microglia in the acute phase after SCI, these are essential
components of the neuroprotective scar that forms after SCI, and microglial depletion
disrupts the glial scar formation, enhances immune infiltration, reduces neuronal and
oligodendrocyte survival, and impairs locomotor recovery [73].

In the delayed phase after SCI, we observed that Gal3+ and CD68+ microglia were
abundant in the peri-lesion area. CD68 expression is related to phagocytosis, and microglia-
dependent pro-myelinating effects have been attributed to Gal3 expression [75], favoring
a pro-regenerative phenotype that fosters myelin debris phagocytosis through TREM2
activity [76,77]. As Trem2 expression increase only transiently 7 days after SCI in the present
study, it is possible that microglia in the delayed phase after SCI remain pro-inflammatory
and display reduced pro-regenerative capacity, required for proper remyelination. It is
likely that the presence of increased solTNF is a key factor keeping microglia, and possibly
also macrophages, in a pro-inflammatory state in the more delayed phase after SCI [20,43],
i.e., from 7–10 days after injury, when myelin phagocytosing and remyelination processes
are occurring [78]. This assumption is supported by previous findings in our laboratory
of improved functional recovery and reduced tissue damage following topical inhibition
of solTNF [28] and by recent findings using big-data integration and large-scale analytics
identifying solTNF as a therapeutic target for SCI [22].

Arg1 expression after SCI (1–7 days post-SCI) has been shown to be highly specific
to monocytes/macrophages (versus microglia) but displays macrophage subtype speci-
ficity [74]. As the major peripheral myeloid composition at the injury site shifts from
monocytes to chemotaxis-inducing macrophages and then to inflammatory macrophages
over time, there is a progressive decrease in the classic anti-inflammatory enzyme arginase
1 that is associated with increased pro-inflammatory biological processes in inflammatory
macrophages. We observed a significant increase in Arg1 expression from 24 h to 7 days
after SCI, supporting findings that the lesion site becomes populated by inflammatory
macrophages in the delayed phases after SCI [79]. This is also consistent with the second
increase in IL-1β and TNF in the delayed phase after SCI. Thus, a future challenge is to
limit the pro-inflammatory macrophage state without interfering with the beneficial effects
of macrophages.

Transected axons are unable to regenerate after SCI and the glial scar, consisting of
astrocytes and microglia/macrophages, is thought to be responsible for this. Therefore,
manipulating the inflammatory response after SCI may help regulate the formation of
the glial scar, allowing for better axonal regrow. Besides therapeutically manipulating
the inflammatory response after SCI using, i.e., anti-TNF therapeutics (reviewed by [17]),
transplantation with mesenchymal stem cells can inhibit excessive glial scar formation and
the inflammatory response leading to improved functional outcome (reviewed by [80]).
Another promising cell therapeutic approach is the use of autologous transplantation
of patient-derived induced pluripotent stem cell-derived oligodendrocyte precursor cell-
enriched neural stem/progenitor cells, as preclinical SCI studies have demonstrated the
positive effect of these cells on robust remyelination of demyelinated axons, resulting in
improved functional recovery (reviewed by [81,82]).

A limitation of the present study is that only female mice were used. The acute in-
flammatory profile has been demonstrated to differ between female and male mice [83,84].
Additionally, the inhibition of TNF-TNFR1 signaling has been demonstrated to be thera-
peutic for neuropathic pain in males but not in females [85], highlighting the importance of
incorporating both male and female groups in future SCI research to account for sexual di-
morphisms.

Another limitation is that only young mice were used. A recent study by Stewart
et al. [83] supported the inflammation after SCI is sex-dependent both at the level of cellular
recruitment and phenotype, effects of aging, however, while present, were overall less
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pronounced. Interestingly though, Tnf expression was one of the genes that differed
between 4-month-old and 14-month-old SCI mice, whereas sex did not appear to affect Tnf
expression [83]. How the temporal and cellular expression of TNF changes with age and
sex after SCI remains to be elucidated.

5. Conclusions

Our study supports the consensus that neuroprotective immunotherapies aimed
against the detrimental immune response, such as the signaling through TNFR1, might
effectively suppress the chronic inflammation after SCI and improve recovery.
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Simple Summary: When a spinal cord injury occurs, the neurons that regulate our voluntary move-

ments, those involved in environment and somatic perception and those that regulate vegetative

functions are affected. Once neuronal damage is established, the cells of other tissues are also affected

in their functions, altering the interaction between organs and altering the proper functioning of

the organism. Multiple studies in animal models, as well as in humans, have recognized as fac-

tors involved in organ damage the imbalance between the formation of highly reactive molecules

called pro-oxidants and defensive mechanisms called antioxidants. Closely associated with this

phenomenon, the inflammatory response is also pathologically activated. In this narrative review, we

have analyzed the information involving these pathological processes at the level of the lung, the au-

tonomic nervous system and the skeletal musculature after spinal cord injury. Knowing the abnormal

functioning mechanisms that occur after a spinal cord injury not only offers a better understanding

of the organic events but also offers future possibilities for therapeutic interventions that may benefit

the thousands of patients suffering this pathology.

Abstract: One of the etiopathogenic factors frequently associated with generalized organ damage after

spinal cord injury corresponds to the imbalance of the redox state and inflammation, particularly of

the respiratory, autonomic and musculoskeletal systems. Our goal in this review was to gain a better

understanding of this phenomenon by reviewing both animal and human studies. At the respiratory

level, the presence of tissue damage is notable in situations that require increased ventilation due to

lower thoracic distensibility and alveolar inflammation caused by higher levels of leptin as a result

of increased fatty tissue. Increased airway reactivity, due to loss of sympathetic innervation, and

levels of nitric oxide in exhaled air that are similar to those seen in asthmatic patients have also been

reported. In addition, the loss of autonomic control efficiency leads to an uncontrolled release of

catecholamines and glucocorticoids that induce immunosuppression, as well as a predisposition to

autoimmune reactions. Simultaneously, blood pressure regulation is altered with vascular damage

and atherogenesis associated with oxidative damage. At the muscular level, chronically elevated

levels of prooxidants and lipoperoxidation associated with myofibrillar atrophy are described, with

no reduction or reversibility of this process through antioxidant supplementation.

Keywords: spinal cord injury; pathophysiology; inflammation; oxidative stress
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1. Introduction

Globally, the WHO estimates that between 250,000 and 500,000 people suffer from a
spinal cord injury (SCI) on an annual basis, mainly associated with traffic accidents, falls or
acts of violence [1].

Once the traumatic event is identified using traction and compression, ischemia-
hypoxia in the areas of vascular compromise is shown involving the release of pro-
inflammatory cytokines [2] and the attraction of immune cells that damage local nervous
tissue via necrosis/apoptosis, both directly and through the promotion of autoimmune-
type phenomena [3]. Consequently, the degree of impact on organic functions will depend
on the level of the spinal cord injury. The compromise of spinal cord function has both
acute and chronic effects that simultaneously alter voluntary motor control and, thus, the
action of the functional bone/musculoskeletal dyad of the locomotor system, as well as
the various functions of the autonomic nervous system, which have an impact on the
genito-urinary control, the motility of the digestive system, the control of the respiratory
system and the action of the cardiovascular system [4]. In the long term, these events
promote changes in body composition [5] and increase the development of infectious [6],
autoimmune processes [7], disorders of endocrine function and metabolic control that are
associated with increased morbidity and mortality [8].

Secondary to the SCI, patients show alterations in the functions of different body
systems. Thus, at the respiratory level, the functional residual capacity (FRC) and the
forced expiratory volume in one second (FEV1) decrease, the respiratory pattern changes
and the maximum inspiratory/expiratory pressure decreases [9]. Furthermore, this group
has the mechanism of coughing altered by a stiffer thoracic cavity that generates greater
respiratory work along with the presence of bronchial obstruction and hyperresponsive-
ness [10]. In addition, there are respiratory disorders during sleep, such as obstructive
sleep apnea, which causes chronic intermittent hypoxia [9,11]. These effects can explain the
high prevalence of symptoms like dyspnea, chronic cough, bronchial hypersecretion and
an increased susceptibility to respiratory tract infections [9,12].

Another affected system in patients with SCI is the autonomic nervous system, which
alters cardiovascular and respiratory regulation, leading to variable and abnormal function-
ing [1]. This autonomous deregulation induces neuroendocrine changes that can trigger the
imbalance of the redox state and promote chronic tissue inflammation [13]. The alteration
of the functioning of the autonomic nerve pathways generates a loss of efficiency in the
control of the cardiovascular system, affecting both the regulation of blood pressure and
heart rate [14]. It also affects the body’s cooling mechanisms, apparently by the alteration
of the vasomotor tone and a decrease in afferents towards the thermoregulatory centers,
which generates a loss of the ability to sweat [15]. Finally, the deregulation of this system
has also been associated with a case of immune deficiency [16].

Skeletal muscle is also affected prematurely after spinal cord injury, rapidly suffering
significant atrophy [17]. Regarding the mechanisms involved in this process, it has been
possible to identify the participation of oxidative imbalance as a key factor involved in the
phenomena of muscle protein synthesis and degradation [18–20].

There is currently abundant information that involves the damage mechanisms associ-
ated with SCI, inflammation and oxidative stress. In this way, we have set ourselves the
objective of describing, through a narrative review, the scientific evidence obtained from
animal models and studies carried out in humans that involve these pathogenic factors with
damage to the respiratory, autonomic and muscular systems typical of SCI. The selection of
the chosen works was limited to original works and of review articles accessible through
the PubMed search engine without publication date limits.

2. Respiratory System

Ventilatory changes: Spinal cord injury involves nerve damage that is generally
described from the sensory to the muscular system. However, the muscle paralysis that
the spinal cord injury generates not only involves the locomotor musculature, but rather,
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depending on the level of the injury, it also affects the respiratory musculature to a greater
or lesser extent, which can establish changes in ventilatory pattern [21].

The respiratory musculature generates the alveolar pressure changes necessary to
produce pulmonary ventilation. Thus, its involvement can lead to poor performance of the
cough mechanism and atelectasis caused by deficient pulmonary ventilation [21,22].

Mateus et al. [23], through spirometry and maximal static respiratory pressure tests,
assessed the muscle strength involved in forced pulmonary ventilation and its relationship
with the ability to generate effective coughs in spinal cord injured patients, proving that
the vital capacity correlates directly with the effectiveness of the cough, while maximal
inspiratory pressure was closely related to having a higher vital capacity. It was also
described with a greater involvement at higher lesion levels (C4-C5), while the tests were
practically normal on patients who suffered paralysis in lower limbs (T7-L3). Therefore,
the intercostal muscles, weakened, lose the possibility of reaching full lung capacity. In this
way, disuse of the respiratory intercostal musculature is gradually produced, generating
muscular fibrosis and a decrease of thoracic distensibility [24]. Malas et al. [25] assessed the
diaphragmatic changes through ultrasonography, observing that despite the lower results
obtained in the pulmonary function tests, the diaphragmatic thickness was greater in this
group, which was interpreted as overcompensation, due to a greater load and respiratory
rate in this muscle. The respiratory muscular weakness in spinal cord injured patients has
been confirmed over the years, so that even the acceptability criteria of some functional
tests such as spirometry have had to be specifically adapted to this population [26]. In
fact, as early as 1980, doubts had already arisen regarding the implications and changes in
the respiratory system that muscle weakness could cause. In this year, Forner et al. [27]
assessed the effect of respiratory musculature paralysis on pulmonary volume, describing
a drop in vital capacity and expiratory reserve volume, in addition to a decrease in peak
expiratory flow. Likewise, Anke et al. [28] assessed the pulmonary function of 56 tetraplegic
patients, with over six months post spinal cord injury finding a decrease in the volume of
expiratory reserve and vital capacity. Baydur et al. [29] described that the forced expiratory
volume, the FEV1 and the inspiratory capacity increased as the lesion was lower, reinforcing
the conclusions of the previously described studies. In addition to these findings, it was
observed that, in the supine position, unlike what has been described in healthy subjects,
inspiratory capacity increased, which may be attributable to the compression generated
by gravity in the abdominal wall, decreasing the greater distensibility of the abdomen
that subjects with SCI have, thus giving them better leverage points for the action of the
diaphragm. In the same line of research, Terson de Paleville et al. [30] furthered the study
of the effect of the position on pulmonary volumes, describing that when the spinal cord
injury was complete, the supine position benefited the forced vital capacity, while the
spirometric values decreased in this position in subjects with an incomplete spinal cord
injury, reinforcing the idea that the supine position on subjects with a high injury may
confer some degree of mechanic muscular advantage [30].

From a different point of view, a study was conducted on the predisposing factors
of the progressive loss of pulmonary function of spinal cord injured patients. Stolz-
mann et al. [31] evaluated 174 spinal cord injured patients, who filled out a questionnaire of
respiratory health and had a follow-up with serial spirometric assessments over the course
of seven years on average. This study showed that the progressive decrease of FEV1 and the
FVC was linked to smoking habits, as well as other modifiable factors, more than with the
gravity and the level of the spinal cord injury. In a retrospective study, the behavior of the
pulmonary function of 173 spinal cord injured patients who were subjected to spirometry
controls over time was described. No change in pulmonary function was observed over
an average of 23 years, except for a subgroup with a higher body mass index (BMI) who
decreased pulmonary volumes over time [32]. This finding is of great significance since a
large percentage of spinal cord injured patients will have a forced decrease of energy con-
sumption, which can lead to an increase in fatty tissue, followed by a decrease of muscular
tissue, which leads these subjects to a chronic systematic inflammatory state, produced by
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the release of adipokines, like leptin [33–35]. Leptin has action at the pulmonary level, since
there are receptors for this adipokine in the alveolar epithelium and in the smooth muscles
of the airway [35–37]. Just as leptin has a proinflammatory role, adiponectin is also released
by the fatty tissue and has an anti-inflammatory role. For this reason, Garshick et al. [35]
studied the link between leptin and adiponectin with pulmonary function in spinal cord
injured patients. This group of researchers found an inverse relationship between plasmatic
leptin levels and FEV1 and FVC values, which might suggest that high leptin levels may
also be a factor that influences the decrease in pulmonary function, specifically its vital
capacity [35]. These results, which indicate an effect of chronic inflammation in spinal
cord injured patients, are consistent with a previous study by the same group, in which an
inverse relationship between systemic inflammation and the deterioration of pulmonary
function in spinal cord injured patients had been described [38]. The decrease in vital capac-
ity, and in nearly all inspiratory volumes, in spinal cord injured patients, coupled with the
loss of thoracic cavity distensibility, is what has led to the description of a chronic restrictive
ventilatory pattern in subjects with SCI that predisposes them to generate pulmonary at-
electasis [21–23,37,39]. Chronic pulmonary restriction could be a problem for these subjects
when they are exposed to conditions that force them to increase ventilatory capacity. From
intensive care medicine, due to the possible impact of mechanical ventilation, the effect of
ventilating restrictive lungs with high flow volumes has been extensively studied, since
they generate an inflammatory response, either by damage through alveolar opening and
closing (atelectrauma), or by overdistension (volutrauma) [40–42]. This injury is caused
by the activation of alveolar macrophages due to the expression of damage associated
molecular patterns (DAMPs), released by the destroyed cells of the alveolar epithelium,
and such activation of the macrophages can induce further injury. In this way, an initial
mechanical damage caused by ventilation with high flow volumes would stimulate local
inflammatory activation, causing even more damage [43]. If we extrapolate this problem,
which is pressing in the context of patients undergoing mechanical ventilation, spinal cord
injured patients who have lower pulmonary distensibility and a restrictive ventilatory
pattern, we could think that physical exercise, which demands an increase in pulmonary
ventilation, could also induce greater inflammation and damage.

West et al. [39] observed changes in cardiopulmonary function in spinal cord injured
athletes at rest and described that they maintain a restrictive pattern at rest compared to
healthy athletes. Despite this, pulmonary function improves when compared to non-athletic
spinal cord injured patients. The fact that persons with SCI, who participate in physical
training programs, maintain restrictive ventilatory patterns reinforces the hypothesis that,
during physical activity, they would be exposed to greater lung damage than healthy
subjects due to the hyperventilation required by exercise. This makes it interesting to
evaluate local inflammatory markers at the pulmonary level in persons with SCI during
physical activity and compare them with healthy persons.

Bronchial obstruction and hyperresponsiveness: Spinal cord injured persons suffer
various respiratory complications from an acute stage of injury, ranging from an increased
predisposition to upper respiratory tract infections, to atelectasis and bronchospasm [44].
Chronically, persons with SCI are more exposed to respiratory disorders due to a deficit in
mucociliary clearance, decreased ability to exert high expiratory flows, the repeated use
of antibiotics that can change the microbiota of the respiratory tract and the generation of
disorders in the autonomic nervous system, which can lead to changes in the structure and
quantity of mucus, often resulting in recurrent bronchitis [45].

Almendoff et al. [46] evaluated whether there is indeed an obstructive component
in spinal cord injured patients, since tetraplegic patients would have partially inhibited
sympathetic innervation, being able to maintain parasympathetic innervation, promoting a
basal bronchoconstrictor tone. It was observed that 48% of tetraplegic subjects obtained an
improvement in both FVC and FEV1 following the use of ipratropium bromide. Later, De
Luca et al. [47] added evidence that subjects with SCI, when faced with the use of beta 2
agonist inhalers, also generated an improvement in lung function, reinforcing the idea that
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these subjects maintain a basal obstructive component. Subsequently, Schilero et al. [10],
comparing the response to ipratropium bromide between a tetraplegic group and a para-
plegic group, reported that subjects with tetraplegia had a smaller basal airway caliber
and a greater response to the use of this bronchodilator. These results reinforce the idea
that, in high spinal cord injury, there may be an expression of the parasympathetic system
without an opposing effect of the sympathetic system. Schilero et al. [48] compared the
effect between albuterol and ipratropium bromide, and observed that both drugs generate
a decrease in airway resistance. However, the change in resistance was more marked with
ipratropium bromide than with albuterol (71% vs. 47%). These results suggest that vagal
tone is the main determinant of the basal increase in bronchoconstriction.

The response to bronchodilators that has been observed in subjects with SCI may also
indicate bronchial hyperresponsiveness. Triggers of bronchial hyperresponsiveness have
been described, the main ones being histamine release, or some indirect external factors
such as the cold and exercise [49,50]. In a study to evaluate bronchial hyperresponsiveness
by Dicpinigaitis et al. [51], a group of subjects with cervical spinal cord injury were exposed
to a methacholine challenge test, which demonstrated some degree of bronchial hyperre-
sponsiveness in all participants, and furthermore, it was observed that ipratropium bromide
was able to completely reverse the effect. The investigators postulated the bronchial hy-
perresponsiveness observed in this population most likely reflects the loss of sympathetic
airway innervation and resultant unopposed cholinergic bronchoconstrictor tone which
results from transection of the cervical spine. Blockade of methacholine hyperresponsive-
ness with ipratropium bromide suggests a muscarinic receptor-mediated phenomenon [51].
Singas et al. [52] conducted another study to see whether bronchial hyperresponsiveness
could be motivated by the persons’ previous or current smoking habit. For this purpose,
subjects with spinal cord injury, both ex-smokers and non-smokers, were added to the
evaluation and underwent a methacholine challenge test, which showed the same results in
both groups. The authors thus added a new question, which was to investigate the impact
that the decrease in lung volumes generates on the loss of the capacity to maintain a larger
airway caliber.

The mechanisms that generate bronchial hyperresponsiveness are diverse, and re-
cently it was described that airway inflammation may play a key role, although the acute
mechanisms concerning how inflammation is linked to smooth muscle hyperresponsive-
ness are still unclear. However, it seems clear that, in chronic inflammation processes,
airway remodeling is generated, promoting bronchial obstruction [49]. On the other hand,
subjects with SCI, have characteristics that promote systemic inflammation due to their
metabolic changes, propensity to be overweight and decreased muscle tissue, which may
cause reduced lung function [38]. In addition, there is evidence that these characteristics
are associated with an increase of IL-6 and c-reactive protein (CRP) in the blood plasma of
spinal cord injured patients, since the levels of these inflammatory markers would have an
inverse relationship with lung function [53]. In addition to this, it is relevant to mention
the effects that inflammation causes directly in the respiratory system, such as a decrease
in mucociliary clearance, changes in microbiota, increased incidence of upper respiratory
tract infections and microaspirations [45,54].

To measure inflammatory markers in the airway, Radulovic et al. [55] used a noninva-
sive technique, assessing exhaled nitric oxide, and observed a significant increase in nitric
oxide levels in tetraplegics compared to the control group, and similar to the group of asth-
matic persons. While these findings are not conclusive and require further investigation,
they provide indications of the presence of some local inflammatory component in the
airway that may be similar to that of asthmatic persons. A summary of the topics discussed
in this chapter is presented in Figure 1.
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Figure 1. Overview of the role of inflammation and oxidative stress on the respiratory system in
spinal cord injured patients. IL-6: Interleukin-6; CRP: C-reactive protein; DAMPs: Damage-associated
molecular patterns.

3. Autonomic Nervous System

Among the neurological consequences of SCI, there is not only a serious functional
compromise of the somatic nervous system, but also of the autonomic nervous system.
The sympathetic nervous system, whose activity is affected when the lesion interrupts
supraspinal regulatory signals, could generate problems in gastrointestinal motility, urinary
continence and hemodynamic control [56,57]. The most severe expression of autonomic
system disorder in subjects with SCI is autonomic dysreflexia (AD), which has its origin
in the activation of dysregulated sympathetic reflexes, which can generate an exagger-
ated or deficient response in various functional systems, accompanied by an increase in
parasympathetic tone [58]. AD can cause problems, for example, at the cardiovascular
level ranging from orthostatic hypotension to severe hypertensive crises [14,54,58]. The
incidence of hypertension in high spinal cord injuries is estimated to be around 46%. This
incidence of hypertension is also thought to be due to increased vascular stiffness in persons
with SCI [54]. The imbalance of physiological functions and loss of homeostasis caused
by multiple factors, including AD, produces systemic stress that can lead to a chronic
inflammatory state, which manifests as increased cardiometabolic disease and abnormal
immune responses, ranging from autoimmune processes to immunosuppression [59].

Severe hypertensive conditions attributable to AD are related to the elevated and
dysregulated release of catecholamines, which in the medium to long term generates en-
dothelial damage and promotes atherogenesis, among other vascular pathologies [59–62].
Noller et al. [59] point out that the management of chronic inflammation in persons with
SCI is very relevant to improve their quality of life, and for that it is necessary to under-
stand in a deeper way the role of the autonomic nervous system. Hoekstra et al. [63]
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studied the systemic inflammatory response to exercise in subjects with SCI. Subjects with
a non-cervical injury generated increased catecholamine release and concurrently increased
plasma IL-6 after competing in a wheelchair half-marathon event. While a direct relation-
ship was found between the levels of catecholamines released and IL-6 levels, it is not
certain that this is due to AD, since AD is more prevalent in subjects with cervical SCI.
Sudden changes in arterial pressure and turbulent flows generated in the bifurcation zones
of the arteries generate stress in the vascular wall. This promotes increased permeability in
these areas to lipoproteins circulating in the blood [64,65]. LDL molecules penetrate such
areas more easily into the vessel wall, accumulate in the tunica intima and are subsequently
oxidized (oxLDL). These oxidized molecules act as patterns associated with molecular
damage (DAMPs), generate endothelial damage and activate proinflammatory processes
through pattern recognition receptors (PRRs) [64,66]. Damaged and activated endothelial
cells express adhesion molecules and cytokines such as E-selectin, P-selectin, VCAM-1 and
ICAM-1, which attract monocytes to the site of the atherosclerotic lesion and promote their
conversion to macrophages [67,68]. These activated cells phagocytize cholesterol esters and
form foam cells, stimulating an inflammatory reaction with migration of vascular smooth
muscle cells that stabilize the atheroma plaque with fibrotic tissue. Simultaneously to the
innate inflammatory response, an adaptive response involving different types of T and B
cells is triggered against the atheroma plaque and renders it unstable [64,68]. On the other
hand, oxidative stress plays a fundamental role in the atherosclerotic process. Thus, the vas-
cular wall has oxidative systems such as xanthine oxidase, mitochondrial respiratory chain
enzymes, lipoxygenases, NOX and antioxidant systems, including superoxide dismutase
(SOD), catalase and glutathione peroxidase [64,69,70]. Activation of LOX-1, a macrophage
receptor that is triggered by oxLDL, induces endothelial oxidative stress by increasing NOX
activity which increases hydrogen peroxide and superoxide levels [64,71,72]. Oxidative
stress activates NF-κB through transduction pathways via PI3K and MAPK activation,
which initiates apoptotic signal transduction and produces cell damage. In addition, ox-
idative stress reduces PPARγ activity and adiponectin levels. Both stimulate the AMPK
protein, which is an inhibitor of NOX activity. Thus, oxidative stress inhibits this AMPK,
and the action of NOX is promoted, which ultimately would further increase the release of
NFkB [64].

At the cardiovascular level, the consequences of a spinal cord injury involve a sig-
nificant morbidity and mortality impact. In general, plasma levels of catecholamines are
usually low; however, there are situations in which loss of supraspinal control leads to
a deregulated release of catecholamines. In addition, a hyperresponsiveness of alpha-
adrenergic receptors is observed, which may be caused by both receptor hypersensitivity
and a deficit of noradrenaline reuptake by the sympathetic neuron [73,74]. An altered lipid
profile has also been observed in subjects with SCI, with elevated LDL and decreased HDL
values. This increases the risk of heart disease and systemic atherosclerosis, which may
be determined by low physical activity, inadequate diet and uncontrolled sympathetic
activity [73].

Furthermore, the action of the autonomic nervous system on the promotion of in-
flammation may derive not only from the effects at the cardiovascular level, but also from
its direct or indirect effect on the immune system. The specific mechanisms leading to
immunosuppression in subjects with SCI are currently unknown, but different factors that
may influence immune function have been observed. In a study conducted on laboratory
rats, it was observed that the frequency of AD episodes increased as time since the injury
passed, along with increased immunosuppression, probably due to the uncontrolled release
of catecholamines and glucocorticoids [58]. Postganglionic noradrenergic fibers release
catecholamines that target organs and lymphoid cells, causing a rapid increase of these
cells in the blood. However, a chronic release of catecholamines, in the long term, produces
the opposite effect, leading to leukopenia. Regarding the specific effect on the different
types of immune response, the chronic increase of circulating catecholamines could have
an inhibitory effect on the production of cytokines for the TH1 type immune response,
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but not so on the TH2 response [74,75]. It has also been observed that the relationship
between elevated catecholamines and immune dysfunction occurs when the level of the
lesion interrupts supraspinal control of the sympathetic innervation of the spleen, pro-
ducing an increase of local catecholamines in this organ, even though the total circulating
catecholamines in these subjects is lower, possibly due to an alteration of the innervation of
the adrenal gland [56,75,76].

Likewise, just as immunosuppression has been described in subjects with spinal cord
injury, there are also cases of long-term autoimmunity induced by spinal cord injury [77–79].
Thus, it has been described that spinal cord injury can expose CNS antigens to the circula-
tion, which could provoke the activation of lymphocytes, which have specific receptors
for these antigens. Activation of B cells can lead to the production of autoantibodies that
ultimately lead to an autoimmune response and generate inflammation and neurotoxicity,
resulting in poor recovery [79–82]. In an animal model, it was observed that rodents with B
lymphocyte deficiency had a better motor recovery than control rodents, which suggests
that there may be a relationship between these cells and the autoimmune response [83,84].

In a comparative study conducted by Saltzman et al. [85] on humans with and without
SCI, the differential expression of a network of genes in peripheral blood was observed, to
which a role in the structure and maturation of lymphoid tissue was attributed. Some of
these genes were involved in inflammatory processes and in the regulation of B lymphocyte
function. The importance of this network is that three molecules (BCMA, APRIL and BAFF)
were encoded with a known role in producing autoimmune conditions [85,86]. BCMA is a
receptor of the tumor necrosis factor (TNF) family that has been shown to mediate B cell
survival and activation processes [85,87]. In addition, it is associated with an increase in the
population of self-reactive cells [85,88–90]. Conversely, APRIL and BAFF are members of
the TNF ligand superfamily, located in the germinal center of lymphoid organs, where they
promote the survival, activation, maturation and differentiation of antibody-producing and
memory B cells [85,91]. BAFF and APRIL can bind to BCMA and thus activate the NF-kB
pathway, which triggers survival reactions for B cells [85]. Herman et al. [92] deepened the
study previously carried out by Saltzman by increasing the number of people evaluated
and confirmed changes in gene expression in subjects with spinal cord injury associated
with lymphoid organs. In addition, it was observed that there was an increase in the
expression of these genes as the lesion was higher than the T5 level.

Toll like receptors (TLRs) are innate pathogen recognition receptors present on immune
cells that stimulate this process. TLR activation activates inflammatory mediators [93].
In the study conducted by Herman et al. [92], it was also observed that these TLRs were
overexpressed in subjects with spinal cord injury above T5, which may promote an uncon-
trolled inflammatory response as has been studied in patients with sepsis who also present
such TLR overexpression. TLR modulating agents are currently being studied in clinical
trials for the management of autoimmune diseases and inflammatory responses and could
be an alternative to be evaluated in subjects with SCI [92,94]. See the mechanisms overview
in Figure 2.
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Figure 2. Overview of the role of inflammation and oxidative stress on the autonomic nervous system
in patients with spinal cord injury. IL-6: Interleukin-6; AMPK: AMP-activated protein kinase; BCMA:
B-cell maturation antigen; APRIL: A proliferation-inducing ligand; BAFF: B-cell–activating factor;
NF-kB: Nuclear factor kappa B; TLR: Toll like receptors; NOX: NADPH oxidase.

4. Muscular System

Among the multiple consequences produced by SCI, immobility, disuse and muscular
atrophy have an impact on the functioning of the locomotor system, which includes both
bone tissue and skeletal muscle [95]. This deterioration is caused by both the denervation
of the muscle resulting from acute spinal damage, and by the secondary damage resulting
from the inflammatory reaction caused by neuronal death [96,97]. In addition, from the
time of injury and in the long term, there is a decrease in blood flow to the regions below
the lesion [98,99]. The muscle tissue in these patients shows a decrease in the radius
of the fibers, loss of nuclei that alters regenerative capacity and a decreased number of
mitochondria and their functionality [100,101]. In addition, within months, the change from
type I fibers begins to occur until, within years, type IIx fibers predominate [17]. Associated
with this process, increases in mediators that favor muscle protein degradation, such as
myostastin [102], interleukin 6 [103,104] and TNF alpha [105,106] have been observed.

While the trophic effect of muscle innervation has been known since ancient times,
the precise understanding of the mechanisms of chronic muscle involvement caused by
SCI, resulting in continuous atrophy, possibly associated with oxidative damage, is still
unclear [107]. Muscle atrophy is caused by an imbalance between proteolysis and protein
synthesis. This process can be explained by muscle disuse, advanced age or exposure to mi-
crogravity conditions, resulting in loss of strength and a decrease in muscle mass [108–110].
In the study of this phenomenon, in an animal model, Kondo et al. [111] related oxidative
damage to muscle atrophy caused by immobilization, observing an increase in thiobarbi-
turic acid reactive substance (TBARS) and glutathione disulfide (GSSG) levels. Furthermore,
in this study, a decrease in atrophy was found after vitamin E supplementation, thus at-
tributing a large part of the origin of this phenomenon to oxidative stress. The main
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source of ROS production related to atrophy produced by immobilization has also been
studied. Thus, Gram et al. [112] investigated how mitochondrial function and reactive
oxygen species emission behaved in a group of young and older men subjected to two
weeks of one-leg immobilization. First, it was observed that immobilization increased
H2O2 production along with decreasing ATP formation by this organelle. Moreover, this
effect on mitochondrial functioning was reversible after a six-week program of aerobic
training on a cycloergometer [112]. Second, Liu et al. [113] suggest that the main source of
ROS production associated with muscle atrophy is the NADPH oxidase 4 (NOX4), located
in the sarcoplasmic reticulum. In addition, they investigated the role of calstabin 1 in this
process, since it has been described that this protein favors the closure of the ryanodine
receptor when muscle contraction ends; therefore, a dissociation between both proteins
would decrease muscle strength. Thus, they designed a study in rats evaluating NOX4
expression after spinal cord injury at the T4 level. The results showed that an overexpres-
sion of NOX4 leads to an increase in the oxidation state, causing a prooxidant environment
that dissociates calstabin 1 from the receptor of ryanodine 1, which could be one of the
mechanisms of alteration of muscle contraction.

Hyperactivity of the renin-angiotensin system (RAS) is another phenomenon that has
been widely studied, which is involved in several chronic pathologies, such as cardiac
dysfunction. In this sense, Kadoguchi et al. [114] suggested that, if an increase in angiotensin
II could produce systemic and cardiac altering effects, perhaps it could also have some
implication on skeletal muscle function. Thus, in a study first carried out in an animal
model, it was shown that rats administered with angiotensin II showed a greater loss of
muscle mass and a decrease in the cross-sectional area of muscle fibers if compared to
control rats. In addition, an increase in MuRF-1 and atrogyn-1, both part of the ubiquitin-
proteosome degradative system, was observed [115]. In addition, although a decrease in the
oxidative enzymatic activity of citrate synthase and mitochondrial complexes 1 and 3 was
observed, superoxide generation from NADPH oxidase increased. Kadoguchi et al. [110]
hypothesized that, if NOX2 is the main source of superoxide generation, and that there
was an overexpression of a gene for NOX2 against muscle damage, angiotensin II could
then play a role in NOX activity, thereby promoting the generation of muscle atrophy. To
test their hypothesis, they studied an animal model in mice with a control group and a
NOX2-deficient group, and angiotensin II was administered to both groups. Deletion of
NOX2 prevented angiotensin II induced skeletal muscle atrophy by improving the balance
between protein synthesis and degradation. In addition, they observed a decrease in
the phosphorylation of AKT, which is a necessary signaling pathway in the process of
protein synthesis. The authors noted that, therefore, NOX2 may be a therapeutic target for
angiotensin II induced skeletal muscle atrophy.

In another area, Savikj et al. [116] conducted a study to assess whether spinal cord
injury induces an oxidative imbalance leading to muscle damage. Regarding this study,
they developed a comparative study in humans with complete spinal cord injury versus a
healthy control group by obtaining muscle biopsies in the first, third and twelfth month after
spinal cord injury. In this study, it was observed that in the skeletal muscle of spinal cord
injured patients, there is an overexpression of xanthine oxidase in the first three months, and
in a more chronic way at 12 months, increased levels of 4-HNE and a decrease in the content
of superoxide dismutase 2 (SOD2). In addition, there is evidence linking oxidative stress
with the activation of proteases at the skeletal muscle level, attributing to the mitochondria
the main responsibility for the production of ROS in muscle atrophy [107,117,118]. Thus,
Min et al. [107] evaluated the effect of mitochondrial ROS on muscle atrophy using a rat
animal model focused on the administration of a mitochondrial antioxidant called SS-31,
which is selective for the mitochondrial membrane. In this study, it was observed that
immobilization compared to a control group of non-immobilized rats generated atrophy,
increased ROS and the activation of proteolysis. When SS-31 was administered, ROS levels
decreased, as did muscle atrophy and protein degradation [107]. To evaluate the effect of
supplementation on muscle atrophy, Arc-Chagnaud et al. [119] conducted a study using a
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mixture of antioxidants and anti-inflammatory drugs (741 mg of polyphenols, 138 mg of
vitamin E, 80 μg of selenium and 2.1 g of omega-3). Moreover, they observed the effect of
physical deconditioning on muscle atrophy, using a 60-day head-down bed rest (HDBR)
model in healthy volunteers. Out of the 20 subjects assessed by induced rest, only half
received a mixture of antioxidants and anti-inflammatory drugs. The results showed that,
after two months, all participants suffered loss of muscle mass. The authors highlighted
the complexity of oxidative pathways that make it difficult to understand how oxidative
stress influences muscle atrophy and questioned the effect of a nutritional intervention
with antioxidants in preventing muscle deconditioning in long-duration space missions.
However, it should be noted that the results of this study are in contrast with the results
obtained by Min et al. [107] and Kondo et al. [111], who used antioxidants, which raises the
question of how oxidative stress influences muscle atrophy. Figure 3 shows a summary of
the mechanisms described in the paragraph above.

Figure 3. Overview of the role of inflammation and oxidative stress on muscle tissue in spinal cord
injured patients. SOD: Superoxide dismutase; NOX4: NADPH oxidase 4; NOX2: NADPH oxidase 2;
ROS: Reactive oxygen species; MuRF1: Muscle RING-finger protein-1.

5. Conclusions

At the time a spinal cord injury is produced, a loss of motor capacity is evident, and
a period of vital risk related to neurological compromise, instability of cardio-respiratory
function and the development of infections is established. After this period, ranging from
weeks to months, new relationships between different organs are established, now affecting
functions that were initially unharmed. Thus, bone and muscle mass decreases, the respira-
tory system suffers restricted and inefficient ventilatory activity due to the affectation of its
musculature, while the abnormal functioning of the autonomic nervous system will affect
the action of various organs. In this review, we have described that the development of
alterations in the redox state and the manifestation of increased inflammatory activity—that
affects both individual tissues and at systemic level—is a common mechanism for the mal-
functioning of these different but closely functionally integrated systems. The boundaries
between the two processes are also blurred and one often promotes the emergence of the
other. They are also involved in pathological processes as diverse as muscle atrophy and
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fibrosis secondary to disuse, as well as autoimmune diseases. Finally, it is interesting to
note that, although much research is still pending (since there are many different events
underlying these phenomena), application of antioxidant and anti-inflammatory therapies
have been proposed either theoretically and through experimental studies [120–123] to
delay or reverse the complications of this clinical condition. These lines of research offer
a novel attractive approach that can have a significant impact on the quality of life of
these patients.
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Simple Summary: People living with high-level spinal cord injury experience worse cardiovascular

health than the general population. In most spinal cord injuries, there are some remaining functioning

pathways leading from the brain through the spinal cord to the organs and muscles, but not enough to

sustain normal levels of function. Recently, therapies that aim to increase the strength of connections

in these remaining pathways have shown great potential in restoring walking, hand, and breathing

function in the spinal cord injured population. In order to test these therapies for their effects on

cardiovascular function, we developed a new type of spinal cord injury rat model that spares enough

pathways for these therapies to act upon but still produces measurable reductions in heart and blood

vessel function that can be targeted with interventions/treatments.

Abstract: As primary medical care for spinal cord injury (SCI) has improved over the last decades

there are more individuals living with neurologically incomplete (vs. complete) cervical injuries.

For these individuals, a number of promising therapies are being actively researched in pre-clinical

settings that seek to strengthen the remaining spinal pathways with a view to improve motor

function. To date, few, if any, of these interventions have been tested for their effectiveness to

improve autonomic and cardiovascular (CV) function. As a first step to testing such therapies, we

aimed to develop a model that has sufficient sparing of descending sympathetic pathways for these

interventions to target yet induces robust CV impairment. Twenty-six Wistar rats were assigned to SCI

(n = 13) or naïve (n = 13) groups. Animals were injured at the T3 spinal segment with 300 kdyn of force.

Fourteen days post-SCI, left ventricular (LV) and arterial catheterization was performed to assess

in vivo cardiac and hemodynamic function. Spinal cord lesion characteristics along with sparing in

catecholaminergic and serotonergic projections were determined via immunohistochemistry. SCI

produced a decrease in mean arterial pressure of 17 ± 3 mmHg (p < 0.001) and left ventricular

contractility (end-systolic elastance) of 0.7 ± 0.1 mmHg/μL (p < 0.001). Our novel SCI model

produced significant decreases in cardiac and hemodynamic function while preserving 33 ± 9% of

white matter at the injury epicenter, which we believe makes it a useful pre-clinical model of SCI to

study rehabilitation approaches designed to induce neuroplasticity.

Keywords: cardiovascular; contusion; neuroplasticity
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1. Introduction

Spinal cord injury (SCI) is a debilitating condition which, in addition to inducing
sensorimotor dysfunction, also impairs autonomic function. Cardiovascular disease (CVD)
has emerged as the primary cause of morbidity and mortality for individuals living with
SCI [1]. SCI-induced dysregulation of the cardiovascular (CV) system occurs primarily as a
result of altered descending control of sympathetic preganglionic neurons (SPNs). In turn,
such reduced medullary input to SPNs causes a host of CV complications including resting
hypotension, orthostatic hypotension (OH; sudden decrease in BP upon changing posture),
autonomic dysreflexia (AD; sudden episodic hypertension accompanied by reflex brady-
cardia), and left-ventricular systolic function, which precipitate the early development of
CVD [2].

In addition to changes in CV control, the sympathetic nervous system undergoes
remarkable plasticity. These changes include decreased synaptic density accompanied by
an increase in the number of inhibitory synapses rostral to the injury [3]. Caudal to the
lesion, increased synaptogenesis [4] and changes in SPN morphology occurs, including
increased arborization of SPNs [5] and axonal sprouting [6]. Historically, such sympathetic
neuroplasticity has largely been considered detrimental due to the association of such plas-
ticity with the expression of autonomic dysreflexia, immune suppression and neuropathic
pain following SCI [7–9].

In the wider field of SCI, a number of recent promising interventions have been
proposed that seeks to either leverage plasticity for functional benefit or alter such plasticity
to offset functional decline. For example, the delivery of acute intermittent hypoxia (AIH)
has been shown to enhance synaptic input onto spinal motor neurons and increase spinal
excitability, both of which increase synaptic strength [10,11] and subsequently improve
motor output in the acute [12,13] and chronic settings post-SCI [14,15]. Activity based
therapy (ABT) is another intervention that has been demonstrated to facilitate the recovery
of specific tasks (i.e., swimming) [16,17], hind-limb [18,19], and forelimb function [20,21].
These functional benefits are associated with increased spinal brain-derived neurotrophic
factor (BDNF) levels and synaptic plasticity [22]. In all the aforementioned studies, the
benefits of these therapies have been demonstrated in incomplete models of cervical and/or
lower-thoracic (i.e., T9/10) SCI, wherein the injury is either not severe enough to induce
CV dysfunction (i.e., the incomplete cervical models) or below the spinal level at which
innervation to the key vascular beds and heart occurs (i.e., the low thoracic T9/T10 models).

For the CV system, a number of rat models have been developed to study the CV
consequences of SCI, as well as the efficacy of various therapeutics. Two of the models
that have received most traction are the T3/T4 complete transection model or a very
severe midline contusion injury [23,24], though others also exist [25]. Both transection and
severe contusion injuries (i.e., 400 kdyn contusion model) have been effective in producing
changes to the CV function that mimic those observed clinically with high-lesion SCI, such
as the presence of pronounced hypotension, reduced systolic cardiac function, and the
presence of autonomic dysreflexia and orthostatic intolerance [23,26–29]. However, because
these models either severed all pathways (in the case of transection injuries) or preserved
such few medullary sympathetic pathways (i.e., <5% in the case of severe contusion) they
are likely to be inappropriate to test the application of interventions designed to strengthen
spinal sympathetic pathways. Indeed, in the few studies that have investigated the effect of
ABT on CV function using such models post-SCI it has been shown that ABT was ineffective
in restoring blood pressure control and systolic cardiac function, presumably because there
were not sufficient bulbo-spinal sympathetic pathways left for ABT to target [27]. Instead,
any benefits of ABT in these settings appear to be limited to the peripheral circulation
and/or muscle.

Here, we present an in vivo and histological validation of a new moderately severe
mid-line contusion injury model at the T3 level that we believe demonstrates an excellent
balance between sparing sufficient bulbo-spinal sympathetic pathways that can be targeted
with therapies, yet still induces a consistent and measurable decline in CV function that
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mimics that which occurs clinically. We propose that this model also more accurately reflects
the changing demographic observed clinically, where the number of individuals with
neurologically incomplete high-level injuries now outnumber those with neurologically
complete injuries.

2. Materials and Methods

2.1. Ethical Approval

All procedures were conducted in accordance with the Canadian Council for Animal
Care. Ethical approval was also obtained from the University of British Columbia (ACC-
A18-0344).

2.2. Experimental Design

A total of 26 male Wistar rats (Charles River Laboratories, 11 ± 1 week old) were
assigned to either SCI (n = 13) or naive (n = 13) groups. Study endpoint was conducted
at 2 weeks post-SCI. This timeframe was selected as reductions in BP fully manifest by
day 6 [29] and cardiac dysfunction is present immediately following injury [30,31] and
persists into the chronic phase (i.e., 12 weeks post-SCI) [31,32]. Following in vivo measures,
5 SCI animals were randomly selected for standard spinal cord immunohistochemistry
quantification of the injury site, and the 3 animals had their spinal cords harvested and
cut in the longitudinal axis to visualize descending catecholaminergic and serotonergic
bulbo-spinal projections, both of which are known to play a key role in CV control in the
chronic phase post-SCI [24,33].

2.3. Spinal Cord Injury Surgery

Rats were prepared for spinal cord contusion surgery as described in previous stud-
ies [24,26,34,35]. The surgical preparation is depicted in Figure 1A. Briefly, on the day of
SCI animals were anesthetized (5% isofluorane chamber induction, maintenance on 1.5–2%
isofluorane; Piramal Critical Care, Bethlehem, PA, USA) and administered enrofloxacin
(10 mg/kg; Bayer Animal Health, Shawnee, KS, USA), buprenorphine (0.5 mg/kg; Ceva
Animal Health, Cambridge, ON, Canada) and warmed lactated ringer’s solution (5 mL sub-
cutaneously; Baxter Corporation, Portland, OR, USA). A dorsal midline incision was made
and paraspinal musculature was bluntly dissected to expose C8–T5 spinous processes. A
T3 laminectomy was performed exposing the T3 dura. Rodents were then transported
and mounted on a plastic staging platform where the T2 and T4 spinous processes were
stabilized with curved tip clamps. Using a high-definition camera secured to the mounting
frame, the custom impactor tip (3 mm; Infinite Horizons (IH) Impactor; Precision Systems
and Instrumentation, Fairfax Station, VA, USA) was adjusted to track midline over the
T3 dura. The impactor tip was dropped on the cord with 300 kdyn of predefined force
(316 ± 14 kdyn force, 1673 ± 128 mm displacement, 124 ± 5 mm/s velocity). The muscle
and the skin incisions were closed with 4-0 coated vicryl (Ethicon, Somerville, MA, USA).
Velocity, force of impact, and distance travelled by the impactor were recorded. Animals
were recovered in an incubator for 30 min at 37 ◦C 50% humidity and received a subsequent
5 mL lactated ringer’s solution before they were returned to their home cages.

2.4. Post-Surgical Care

For 4 days post injury, animals were administered subcutaneous lactated ringers (3×
per day, 5 mL), buprenorphine (3× per day, 0.02 mg/kg) and enrofloxacin (1× per day,
10 mg/kg). Bladders were manually voided 4× per day until spontaneous voiding was
regained (4–6 days post-injury). Animals were pair-housed on oat bedding with rubber
matting to prevent the ingestion of woodchips due to opioid-induced pica and to aid in
mobility. Animals were provided a supportive diet consisting of Hydrogel (ClearH2O),
fruit, spinach, and cereal until mobility was regained and pica subsided.
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Figure 1. (A) Rodent SCI surgery setup depicting laminectomy and contusion injury method.
(B) In vivo terminal preparation consisting of an endotracheal tube and ventilator, left ventricular
pressure-volume catheter, femoral artery pressure catheter, and femoral venous line.

2.5. Outcome Surgery

At 14 days post-SCI, echocardiography was performed to assess left ventricular (LV)
structure, cardiac catheterization was performed to model LV pressure-volume relation-
ships and assess LV contractility, arterial catheterization was performed to assess blood
pressure and a venous line was placed for intravenous fluid administration to maintain
acid-base balance (Figure 1B).

For the terminal in vivo assessments, animals were anesthetized with intraperitoneal
urethane (1.6 ± 0.4 mg/kg; Sigma-Aldrich, St. Louis, MO, USA). Animals were instru-
mented with a rectal thermometer and all procedures were performed on a heating pad
(RightTemp; Kent Scientific, Torrington, CT, USA) to maintain core body temperature
at 37 ± 0.5 ◦C. Transthoracic echocardiography was used to obtain B-mode parasternal
long axis images to measure LV volumes (Vevo 3100; VisualSonics, Toronto, ON, Canada).
Next, the rat was placed supine, and a midline incision was performed from mandible
to manubrium. Sternohyoid muscle was bluntly dissected then trachea and right com-
mon carotid artery (CCA) isolated. A tracheostomy was performed, an endotracheal tube
was secured, and the animal was ventilated on 100% O2 (VentElite; Harvard Apparatus,
Holliston, MA, USA) using a standard tidal volume and breathing frequency calculation
based off the animal‘s mass [36]. The CCA was pierced, and a 1.9-French pressure-volume
(PV) admittance catheter (Transonic Scisense, Ithaca, NY, US) advanced into the LV [36].
Bilateral incisions along the inguinal ligament were performed and the femoral artery
and vein were isolated. A 1.6-French pressure catheter (Transonic Scisense, Ithaca, NY,
USA) was placed into the left femoral artery and advanced into the abdominal aorta for
collection of hemodynamic data. The right femoral vein was cannulated with a fluid
delivery line (PE50 tubing) for constant infusion of lactated ringer’s solution throughout
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the experiment (1.7 mL/kg/h; Pump 11 Elite, Harvard Apparatus, Holliston, MA, USA).
Finally, a ventral laparotomy was performed and inferior vena cava isolated to perform
inferior vena cava occlusions (IVCOs) which enables venous return to be reduced and the
slope of the end-systolic pressure-volume relationship to be obtained. The slope of this
relationship is end-systolic elastance and is the reference standard for load-independent
LV contractility [36].

Following the completion of instrumentation, the animal was allowed to stabilize for
15 min prior to the collection of a 5 min baseline for the assessment of hemodynamics and
cardiac function. An IVCO was then performed to assess end-systolic elastance.

2.6. Ethanasia and Tissue Processing

Following the completion of all in vivo measures, 8 animals were selected at random
for immunohistological preparation. Rats were perfused transcardially with 200–300 mL of
0.1 M phosphate-buffered saline (PBS; Sigma-Aldrich, St. Louis, MA, USA) and fixed with
400–500 mL 4% paraformaldehyde (PF; Sigma-Aldrich, St. Louis, MA, USA). Lesion sites
(±4 mm from epicenter; T1–T5 segments) were dissected following perfusion and stored in
PF for no more than 48 h followed by at least 24 h in 10% sucrose before being flash frozen
in Shandon Cryomatrix (Thermo Scientific, Cat: 67-690-06, Waltham, MA, USA) and stored
at −80 ◦C.

2.7. Data Analysis

Echocardiography indices were obtained from an average of 3 end-systolic and end-
diastolic images from each animal and used to correct PV estimates of volumes.

All PV indices were analyzed using the PV loop analysis software in Labchart8 (AD
Instruments). The following measures of LV systolic function were averaged across the
final 60 s of baseline data: stroke volume (SV; calculated as end diastolic volume [EDV]-
end systolic volume [ESV]), ejection fraction (EF; calculated as SV/EDV×100%), end-
systolic pressure (Pes), the maximal rate of rise of the LV pressure (dP/dtmax), dP/dtmax

normalized to end-diastolic volume (dP/dtmax−EDV), stroke work (SW; area inside the
PV loop), stroke work index (SWI; SWI = SW/g), cardiac output (CO = SV·HR), cardiac
index (CI; CI = CO/g), The following indexes of diastolic function were also measured
from the same loops: end-diastolic pressure (Ped), maximal rate of fall of the LV pressure
waveform (dP/dtmin), and the time constant of LV pressure decay during isovolumetric
relaxation. Hemodynamic indices systolic blood pressure (SBP), diastolic blood pressure
(DBP), pulse pressure (PP) (calculated as PP = SBP–DBP), heart rate (HR), mean arterial
pressure (MAP; calculated as MAP = 1/3SBP + 2/3 DBP) and systemic vascular resistance
(SVR; SVR = MAP/CO) were extracted from the same 60 s.

Load-independent indices of LV contractility were calculated from one IVC occlusion.
One 10-s section of the IVC occlusion was selected and loops that occurred during an
expiration were removed to prevent respiratory-induced changes in intrathoracic pressure
right-shifting the PV loop. Preload-recruitable stroke work (PRSW) was evaluated as the
slope of the linear regression of SW and EDV. End-systolic elastance (Ees) was taken as the
slope of the end-systolic pressure-volume relationship. dP/dtmax-EDV was calculated as
the slope of the linear regression of dP/dtmax to EDV.

Arterial elastance (Ea) was calculated as Ea = Pes/SV. Ea/Ees was calculated as the
quotient of Ea divided by Ees.

2.8. Immunohistochemistry

Spinal cords were cut using a cryostat (Leica, CM3050s, Wetzlar, Germany) in either
the transverse (n = 5) or longitudinal (n = 3) plane. Transverse sections were cut at 10 μm
thickness with an inter-section distance of 1 mm. Longitudinal sections (n = 3) were cut at
10 μm thickness and with an inter-section distance of 600 μm.

Slides were thawed and dried at room temperature for 20 min then a hydrophobic
barrier was drawn. Slides were rehydrated with 3 10-min washes in PBS followed by
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incubation in blocking solution (10% normal donkey serum) in PBS-Tx-Azd for 45 min.
Slide were then incubated with primary antibodies over night. The next day the tissue
was washed three times (15 min each) with PBS, incubated with secondary antibodies
for 2 h, and then washed with PBS three times (15 min each). Finally, the slides were
cover-slipped using ProLong Gold antifade mounting medium (Invitrogen, LSP36930,
Waltham, MA, USA).

For transverse sections primary antibodies were used as follows; mouse GFAP (Glial
fibrillary acidic protein; 1:1000, Sigma; G3893, Waltham, MA, USA), chicken polyclonal
MBP (Myelin basic protein; 1:1000, Aves Labs; MBP), guineapig NeuN (Neuronal nuclei;
1:500, Sigma; ABN90P, St. Louis, MA, USA). The following secondaries were used; donkey
anti-mouse Cy3 (1:800, Jackson Immunoresearch; 705-166-147, West Grove, PA, USA),
donkey anti-chicken pAb Alexa647 (1:800, Jackson Immunoresearch; 7056-606-148, West
Grove, PA, USA), donkey anti-guineapig DyLight405 (1:800, Jackson Immunoresearch;
711-475-152, West Grove, PA, USA).

For longitudinal slides primary antibodies were used as follows; sheep TH (tyro-
sine hydroxylase; 1:200, EMD Milipore; AB1542, Burlington, VT, USA), rabbit 5-HT (5-
hydroxytryptamine; 1:2000, Immunostar; 20080. Hudson, NY, US). The following secon-
daries were used; Donkey anti-sheep Cy3 (1:200, Jackson Immunoresearch; 713-166-147,
West Grove, PA, USA) and donkey anti-rabbit DyLight488 (1:1000, Abcam; ab96899, Cam-
bridge, UK).

Immunofluorescence imaging was performed using an Axio Imager M2 microscope
(Zeiss, Oberkochen, Germany) with an Axiocam 705 mono camera (Zeiss, Oberkochen,
Germany) using ZEN 2 Blue software (Zeiss, Oberkochen, Germany). Images were digitally
processed using Zen 2 Blue software (Zeiss, Oberkochen, Germany).

Analysis was performed in ImageJ (ImageJ, Rockville, MD, USA). Lesion area and
white matter sparing were quantified every 400 μm from 2.0 mm rostral to 2.0 mm caudal
to the injury epicenter. The injury epicenter section was based on the section with the least
intact GFAP signal. Lesion area was manually outlined based on the following definition:
GFAP-negative or GFAP-positive area with disrupted or abnormal cytoarchitecture. Care
was taken to avoid inclusion of any artifacts. Myelin preservation (i.e., white matter
sparing) was estimated by manually outlining MBP-positive area with normal or near-
normal cytoarchitecture. Lesion volume was then calculated according to the following
formula: Volume = Σ (area · section thickness · number of sections between samples) [24].

For longitudinal sections, images were imported into ImageJ (ImageJ, Rockville, MD,
USA) and converted to 8-bit. The backgrounds were then subtracted, and for each stain, the
images were set to a threshold only including pixels with intensity values from 20–255. The
analyzed regions were selected by tracing the epicenter and selecting 2 × 1 mm rectangles
0.5 mm rostral and caudal to the border of the lesion. After measuring the positive pixel
density of the enclosed areas, the density of the caudal area was divided by the density
of the rostral area to calculate the percent difference. The relative density of an anterior,
posterior and central section of the cord for each animal was calculated and expressed as
means and standard deviations calculated from 3 animals.

2.9. Statistics

Between-group differences in all in vivo physiological outcomes were analyzed using
an independent samples t-test in SPSS (IBM SPSS Statistics, Chicago, IL, USA). Data are
expressed as means ± standard deviation. Statistical significance was set at p < 0.05.
Graphical representations of in vivo data were produced in MATLAB (MathWorks, Natick,
MA, USA) and Prism (GraphPad Prism, San Diego, CA, USA). Histological images were
produced in Zen Image Processing (Zeiss, Oberkochen, Germany).
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3. Results

At study termination SCI rats were significantly lighter than naïve animals (p = 0.014;
Figure 2) but there was no significant difference in body mass of SCI animals at day 14
post-injury vs. pre-injury (p = 0.154).

Figure 2. Body mass with time pre/post-injury. Note there were no significant differences in body
mass across the 14-day study period. Black lines indicate mean mass ± SD, grey lines represent
individual animals body mass.

3.1. Resting Hemodynamics Are Impaired in T3 300 kdyn SCI Rats

Hemodynamic indices are presented in Table 1 and Figure 3. SBP, DBP, PP and MAP
were all significantly reduced among SCI compared to naïve rats (all p < 0.001). HR was
significantly higher among SCI rats compared to naïve rats (p = 0.008). Systemic vascular
resistance (SVR) was also reduced in SCI rats compared to naïve (p = 0.038).

Table 1. Anthropometric, hemodynamic and pressure-volume data for 2-week post T3 300 kdyn SCI and naïve rats.

Naïve SCI p-Value

Hemodynamic Data

SBP (mmHg) 121 ± 7 96 ± 11 <0.001
DBP (mmHg) 70 ± 7 58 ± 9 <0.001
MAP (mmHg) 88 ± 7 70 ± 9 <0.001

PP (mmHg) 50 ± 4 38 ± 6 <0.001
HR (BPM) 413 ± 38 462 ± 48 0.008

SVR
(mmHg·min−1μL−1) * 0.89 ± 0.20 0.74 ± 0.12 0.038

Pressure-Volume Data

ESV (μL) 66 ± 18 59 ± 11 0.256
EDV(μL) 311 ± 47 261 ± 23 0.002

Systolic Function

SW (mmHg·mL) 33 ± 7 21 ± 4 <0.001
SWI (mmHg·mL−1100 g−1) 10.90 ± 2.53 7.52 ± 1.64 <0.001

CO (mL/min) 102 ± 20 93 ± 12 0.201
CI (mL·min−1100 g−1) 33.69 ± 7.72 35.22 ± 7.32 0.610

SV (μL) 245 ± 33 202 ± 24 0.001
Pes (mmHg) 98 ± 11 75 ± 10 <0.001

EF (%) 79 ± 4 77 ± 5 0.272
dP/dtmax (mmHg/s) 10316 ± 809 6084 ± 755 <0.001
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Table 1. Cont.

Naïve SCI p-Value

Ees (mmHg/μL) ** 1.59 ± 0.23 0.89 ± 0.24 <0.001
Ea (mmHg/μL) 0.41 ± 0.09 0.38 ± 0.07 0.296

Ea/Ees ** 0.26 ± 0.06 0.44 ± 0.23 0.021
PRSW (mmHg) * 131 ± 30 94 ± 17 0.001
+dP/dtmax–EDV

(mmHg·s−1 μL−1) *
34 ± 7 27 ± 4 <0.001

Diastolic Function

dP/dtmin (mmHg/s) −5890 ± 449 −4021 ± 630 <0.001
Ped (mmHg) 3 ± 2 4 ± 4 0.231

τ (ms) 7.32 ± 0.77 8.03 ± 3 0.416

Data are presented as means ± SD. p-values represent significant difference following independent samples t test. SBP, systolic blood
pressure; DBP, diastolic blood pressure; MAP, mean arterial pressure; PP, pulse pressure; HR, heart rate; SVR, systemic vascular resistance;
ESV, end-systolic volume; EDV, end-diastolic volume; SW, stroke work; SWI, stroke work index; CO, cardiac output; CI, cardiac index; SV,
stroke volume; Pes, end-systolic pressure; EF, ejection fraction; dP/dtmax, maximum rate of rise of left ventricular pressure; Ees, end-systolic
pressure-volume relationship; Ea, arterial elastance; PRSW, preload-recruitable stroke work; dP/dtmin, maximum rate of decay of left
ventricular pressure; Ped, end-diastolic pressure; τ time constant of left ventricular pressure decay. * denotes naïve n = 12, SCI n = 12,
** denotes naïve n = 12, SCI n = 9 due to difficulties in performing IVC occlusions in some animals.

Figure 3. Comparison of resting hemodynamic indices of naïve (n = 13) and spinal cord injured (SCI)
rats (n = 13) two weeks post-injury. Bars represent the means and standard deviations overlaid with
individual data. (A) Systolic blood pressure (SBP) was significantly lower in SCI compared to naïve
animals (25 ± 4 mmHg, p < 0.001). (B) Mean arterial pressure (MAP) was significantly lower among
SCI compared to naïve animals (17 ± 3 mmHg, p < 0.001). (C) Systemic vascular resistance (SVR)
was significantly lower among SCI compared to naïve animals (0.11 ± 0.08 mmHg·min−1 μL−1,
p = 0.034). (D): Heart rate (HR) was significantly higher among SCI compared to naïve animals
(49 ± 17 beats per minute, BPM; p = 0.008).
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3.2. Left Ventricular Systolic Function Is Impaired in T3 300 kdyn SCI Rats

LV measures of systolic and diastolic function are reported in Table 1 and select
indices are displayed in Figure 4. Among SCI rats, a decrease in EDV (p = 0.002) and
SV (p = 0.001) was observed compared to naïve rats, in the absence of changes to ESV
(p = 0.256) and EF (p = 0.272). SW and SWI were significantly lower among SCI rats
compared to naïve (both p < 0.001). Conversely, there was no difference in CO or CI
between groups (p = 0.201; p = -0.610, respectively). Pes, Pmax and the maximum rate of
rise of LV pressure (dP/dtmax) were lower among SCI compared to naïve rats (all p < 0.001).
Measures of load-independent function, Ees (p < 0.001), dP/dtmax−EDV (p < 0.001), and
PRSW (p = 0.001) were significantly lower in SCI compared to naïve rats. Ea was not
significantly different between groups (p = 0.296), however Ea/Ees was significantly higher
in SCI rats compared to naïve.

Figure 4. At 2 weeks post-SCI, animals underwent left ventricular catheterization to assess cardiac function. Pressure-
volume analysis revealed reduced pressure, volume, and contractile function among SCI compared to naïve rats. (A) An
example pressure-volume loop labelled with relevant indices acquired from pressure-volume analysis (ESV; end-systolic
volume, EDV; end-diastolic volume, Pes; end-systolic pressure, Ped; end-diastolic pressure, SV; stroke volume, SW;
stroke work (area of the pressure volume loop), ESPVR; end systolic pressure volume relationship, Ees slope of ESPVR).
(B) Example basal pressure volume loop from SCI and naïve rats, overlaid with SEM bars, demonstrating diminished LV
maximum pressure (22 ± 4 mmHg; p < 0.001) and EDV (50 ± 15 ul; p = 0.002) in SCI compared to naïve animals. C-D:
Example inferior vena cava occlusions from naïve (C) and SCI (D) groups demonstrating reduced Ees among SCI compared
to naïve animals (0.7 ± 0.1 mmHg/ul; p < 0.001).
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For diastolic function, dP/dtmin was significantly lower among SCI rats compared to
naïve (p > 0.001) in the absence of differences in end diastolic pressure (p = 0.231) and time
constant of LV pressure decay (tau, p = 0.416).

3.3. Moderately-Severe T3 Midline Injury Interrupts Descending Pathways

Following moderately-severe T3 SCI the lesion area was 1.75 ± 0.40 mm2 leaving
21 ± 6% tissue sparing. Lesion volume was 4.26 ± 1.28 mm3. White matter sparing at the
epicenter was 33 ± 9% (Figure 5). The density of 5-HT+ fibres caudal to the epicenter was
reduced to 9 ± 2% of rostral density (Figure 6). The density of TH+ fibres caudal to the
epicenter were reduced to 18 ± 9% of the rostral density (Figure 6).

Figure 5. Lesion site characterization. (A) Representative immunohistological images of the rostral (top), epicenter (middle),
and caudal (bottom) sections. Stains from left to right are Neuronal Nuclei (NeuN), Glial Fibrillary Protein (GFAP), Myelin
Basic Protein (MBP), and the merged stain. Data were quantified every 400 μm from the lesion epicenter to a distance
of 2 mm rostrally and caudally (n = 5). (B) The GFAP signal was used to quantify lesion area which reached an area of
1.75 ± 0.40 mm2 at the epicenter. Data points and bars represent the mean and standard deviations, respectively. (C) Lesion
volume was calculated as Volume = Σ (area · section thickness · number of sections between samples) [24] and was found to
be 4.26 ± 1.28 mm3. Bars represent the means and standard deviations overlaid with individual data. (D) White matter
sparing was quantified using the MBP signal and reached a minimum sparing at the epicenter of 33 ± 9%. Data points and
bars represent the mean and standard deviations, respectively.
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Figure 6. Representative immunohistological images of longitudinal spinal cord sections, anterior (top), central (middle),
and posterior (bottom) (A–C). Stains from left to right are 5-HT+, TH+ and merged. Each quantified section was 500 μm
removed from the one previous (D) Schematic depicting the anatomical location of where densities of 5-HT+ and TH+ were
measured 0.5 mm rostral and caudal to the epicenter with the area of study being 2 mm wide by 1 mm tall. The associated
density plots comparing the caudal to the rostral stain density across anterior, central and posterior sections for 5-HT+

(E) TH+ (F). Caudal sparing was quantified as 9 ± 2% and 18 ± 9% relative to rostral for 5-HT+ and TH+, respectively
(n = 3). Data are presented as means ± standard error.

4. Discussion

We have developed a novel moderately severe high-thoracic midline contusion SCI
model that produces robust and clinically relevant impairment in cardiac and hemody-
namic function whilst preserving 33 ± 9% of white matter at the injury epicenter. Though
our model also robustly reduces the density of 5-HT+ and TH+ fibres at and below the
injury epicenter, we were able to clearly visualize both TH+ and 5-HT+ fibres projecting
through and below the injury site. As such we believe this model provides a nice balance
between producing a clinically relevant decline in CV function yet sparing sufficient bulbo-
spinal sympathetic and serotonergic pathways that can be targeted with therapies designed
to induce/alter spinal neuroplasticity with a view to improving CV function.

4.1. Resting Hemodynamics Are Impaired in T3 300 kdyn SCI Rats

Reduced SBP and MAP have been demonstrated in a variety of high-thoracic con-
tusion, clip compression and transection SCI models. Though it is difficult to compare
BP across studies due to heterogeneity in measurement technique and rodent strain, the
magnitude of decline in SBP and MAP is typically in the 15–25 mmHg range with complete
transection or severe contusion at the T2–T4 spinal level [24,26,27,32,34,37]. We found a
similar 25 mmHg decline in the present study despite our model being less severe and
exhibiting more sparing at the injury epicenter (see below) than those typically used to
induce CV dysfunction. It has been recently shown that the major ˝hot-spot˝ for blood pres-
sure control are the splanchnic projecting SPNs that exit the cord at the T11–T13 level [28].
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SPNs in this region of the cord are under the control of both descending bulbo-spinal
catecholaminergic and serotonergic [33] pathways originating in the RVLM and Raphe,
respectively. Histological analyses of TH+ and 5-HT+ fibres in longitudinal sections of the
spinal cord revealed our injury significantly reduces the density of both sets of fibers at
and below (vs. above) the injury site. In turn, this loss of catecholaminergic and seroton-
ergic excitatory input to SPNs reduces vascular tone, leading to splanchnic pooling and
hypotension [38]. Persistent hypotension is of clinical importance as it contributes to the
disproportionate burden of ischemic stroke heart disease observed in SCI [2]. Notably, a
20 mmHg decline in SBP and MAP is typical of that observed in individuals with chronic
high-level SCI [39,40], thus increasing the potential for translation of findings using this
model. Importantly, whilst TH+ and 5-HT+ fibre density was reduced post-SCI we were
able to clearly visualize both TH+ and 5-HT+ fibres traversing the injury site. We believe
the presence of such fibres, whilst insufficient to offset hypotension, can act as a target for
neurotherapeutic interventions that aim to strengthen synaptic input.

4.2. Left Ventricular Systolic Function Is Impaired in T3 300 kdyn SCI Rats

Another major finding of the present was that almost all pressure- and volume-
related indices of resting LV function were significantly decreased in SCI vs. naïve
rats, with the exception of ESV and EF. We have previously reported similar findings
in more severe models of SCI (i.e., T3 400 kdyn contusion with 5 s dwell, or T3 complete
transection) [24,26,27,34,37], but not in less-severe models of SCI (T3 200 kdyn contusion,
5 s dwell) [34]. Reductions in volumetric function post-SCI also occurs clinically with
high-level SCI. Although there was no difference in ESV, SV was lower in SCI rats likely
due to reduced preload (i.e., EDV). Interestingly, this decrease in SV was compensated by
increases in HR resulting in no statistical difference in CO between groups. A SCI-induced
increase in HR has also been demonstrated in other studies with injuries at the T3–T5 spinal
level, and has been hypothesized to result from increased sympathetic activity above the
level of injury [41] as this injury model spares some sympathetic input to T1 level SPNs. It
is equally possible, however, that SCI induces changes in cardiovagal balance such that
HR can increase via vagal withdrawal sufficiently to normalize CO. Whilst the reduction
in resting pressure and volume indices of LV systolic function are likely due to reduced
catecholaminergic and serotonergic input to the SPNs in the T2–T5 level of the spinal
cord [42], these indices are also critically dependent on changes in pre-load and afterload,
both of which are impacted by SCI, as evidenced by reduced EDV and systemic blood
pressure in this present study. Unlike resting pressure-volume indices, dP/dtmax−EDV,
PRSW and Ees obtained from IVC occlusions are largely insensitive to changes in load
or rate [43] and as such are considered the reference metrics for LV systolic function [36].
We found all 3 metrics were significantly reduced in SCI vs. naïve rats, presumably due
to the reduced density of 5-HT+ and TH+ fibres at and below the injury epicenter. The
magnitude of reduction in these indices of contractility is similar to that observed in our
more severe injury models [26,27,32,35] despite our current model sparing more white
matter and there being a clear visualization of both TH+ and 5-HT+ fibres traversing the
injury site. The reduction in Ees precipitated an increase in the Ea/Ees ratio, implying this
SCI model impairs cardiac efficiency.

4.3. T3 Moderately-Severe Contusion Injury Interrupts Descending Pathways

Moderately-severe T3 spinal cord contusion injury resulted in substantial white matter
damage at the epicenter and a lesion that extended at least 2 mm rostral and caudally
encompassing the T2 spinal level thus interrupting supraspinal control to SPNs critical
for CV regulation at the spinal levels described above. These histological findings are
supported by the reduced density of 5-HT+ and TH+ fibres below the lesion suggesting
that serotonergic and catecholaminergic input to SPNs is reduced by this model of SCI.
Serotonergic [44,45] and catecholaminergic [46,47] bulbo-spinal fibres densely innervate
areas of the cord associated with input to SPNs. Loss of supraspinal 5-HT+ fibres play a
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key role in inducing CV dysregulation including contributing to the development of AD
and hypotension observed post-SCI [33,48]. Other models of SCI which have explored
the relationship between 5-HT+ preservation and CV function post-SCI include complete
crush [25], and partial transection [49] models of SCI at the T4 level. Neither crush injury
nor partial transection reported reduced MAP despite showing reduced/absent density
of serotonergic fibres caudal to the injury. While these SCI models were performed at
a more caudal spinal level, CV dysfunction is seen in severe injuries as low as T6. This
observation suggests, perhaps, that the mechanism of injury is not severe enough to sever
sufficient pathways to impair CV function, given that it is necessary to decrease white
matter sparing substantially to induce a decline in CV function post-SCI [24]. Other models
of SCI which demonstrated motor recovery following ABT utilized a T10 contusive injury
which resulted in 8–22% white matter sparing at the epicenter [17] or T10 hemisection
models with approximately 35% white matter sparing [18]. Such levels of ’required’
sparing suggests that our model maintains sufficient pathways for successful application
of therapies to induce neuroplasticity.

4.4. Comparison to Other Rodent Models of CV Instability

A number of rodent models of CV dysfunction have now been proposed in the
literature and we have summarized the findings and gaps in knowledge from these models
in Table 2. To aid in this comparison, we selected a number of key findings that we believe
are critical for an animal model to exhibit when studying the efficacy of interventions
aimed at inducing neuroplasticity. Our selected indices included reduced blood pressure,
cardiac pressures and cardiac volumes, as well as sufficient tissue and white matter sparing
at the epicentre and the presence of catecholaminergic and serotonergic fibres traversing
the injury site. In the studies conducted to date that we are aware of, whilst almost all
of the high-thoracic models induce reductions in blood pressure and/or heart function
it is likely that only the current T3 contusion model has sufficient tissue sparing and
catecholaminergic/serotonergic projections for such therapies to work. As such we believe
our model achieves a feat not previously achieved in prior models; that is, modest tissue
sparing at the injury epicenter yet a severe reduction in cardiac and hemodynamic function.

Table 2. Comparisons with previous models of SCI that have been used to induce cardiovascular dysfunction.

Injury Model

T3 300 kdyn
Contusion

T2 400 kdyn
Contusion

T2 200 kdyn
Contusion

T2-3
Transection

T4
Complete Crush

T10 400 kdyn
Contusion

↓ Blood pressure � � � � � �

↓ Cardiac pressures � � ? � ? ?
↓ Cardiac output � � � � ? ?

>15% tissue sparing � � � � ? ?
>20% white matter

Preservation � � � � ? �

Preserved
sub-lesional

serotonergic/
catecholaminergic

pathways

� � � ? � N/A

References [24,26,27,34] [24,34] [23,30,32] [25] [50,51]

An additional benefit of this model is that animal health was greatly improved over
our typical experience with more severe contusion and transection injury models. Notably,
animals regained spontaneous voiding within 5 days post-injury compared to the typical
10 days seen among transected rats [52], returned to pre-injury health scores and pre-
surgical body mass by 14 days-post injury and mortality was remarkably low with 93% of
all animals surviving the initial injury surgery and no mortality across the 14-day period.
We believe this model, therefore, improves upon animal welfare and decreases the burden
of care on researchers.
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4.5. Limitations

This model has yet to be tested in female rats to account for sex differences in auto-
nomic function. Although we know that cardiac dysfunction manifests within the first
4 h post-SCI [31], and there are similar impairments at 3 and 7 days [53], 5 weeks [34],
and 12 weeks post-SCI [32] the time course of CV function beyond 12 weeks in contusive
models of SCI has not yet been characterized.

5. Conclusions

Here, we have presented a high-thoracic contusion model of SCI which demonstrated
marked CV decline and modest tissue sparing at the epicenter, a feat not achieved by
previous SCI models. Given the recent impetus of the field to move towards interventions
that aim to enhance neuroplasticity (i.e., ABT and/or AIH) we believe this model will be
useful to test the efficacy of these interventions to improve CV and autonomic function.
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Simple Summary: In the first two years following spinal cord injury, people lose up to 50% of bone

below the injury. This injury-induced bone loss significantly affects rehabilitation and leaves people

vulnerable to fractures and post-fracture complications, including lung and urinary tract infections,

blood clots in the veins, and depression. Unfortunately, little is known about the factors driving this

bone loss. In fact, even though we know that injury, age, and sex independently increase bone loss,

there have been no studies looking at the cumulative effects of these variables. People with spinal

injury are aging, and the age at which injuries occur is increasing. It is essential to know whether

these factors together will further compromise bone. To examine this, we assessed bone loss in young

and old, male and female mice after spinal injury. As expected, we found that aging alone decreased

motor activity and bone volume. Spinal injury also reduced bone volume, but it did not worsen the

effects of age. Instead, injury effects appeared related to reduced rearing activity. The data suggest

that although partial weight-bearing does not reduce bone loss after spinal cord injury, therapies that

put full weight on the legs may be clinically effective.

Abstract: After spinal cord injury (SCI), 80% of individuals are diagnosed with osteopenia or os-

teoporosis. The dramatic loss of bone after SCI increases the potential for fractures 100-fold, with

post-fracture complications occurring in 54% of cases. With the age of new SCI injuries increasing, we

hypothesized that a SCI-induced reduction in weight bearing could further exacerbate age-induced

bone loss. To test this, young (2–3 months) and old (20–30 months) male and female mice were given

a moderate spinal contusion injury (T9–T10), and recovery was assessed for 28 days (BMS, rearing

counts, distance traveled). Tibial trabecular bone volume was measured after 28 days with ex vivo

microCT. While BMS scores did not differ across groups, older subjects travelled less in the open field

and there was a decrease in rearing with age and SCI. As expected, aging decreased trabecular bone

volume and cortical thickness in both old male and female mice. SCI alone also reduced trabecular

bone volume in young mice, but did not have an additional effect beyond the age-dependent decrease

in trabecular and cortical bone volume seen in both sexes. Interestingly, both rearing and total activity

correlated with decreased bone volume. These data underscore the importance of load and use on

bone mass. While partial weight-bearing does not stabilize/reverse bone loss in humans, our data

suggest that therapies that simulate complete loading may be effective after SCI.

Keywords: spinal cord injury; osteopenia; bone loss; recovery of function

1. Introduction

In the first two years following a spinal cord injury (SCI), there is a 30–50% decrease in
bone mineral density in the lower limbs [1–4]. This demineralization occurs primarily in the
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trabecular bone found in the distal and proximal epiphysis and metaphysis of the femur and
tibia, respectively [5–7]. Albeit more slowly, decreases in cortical bone mineralization and
thinning of the cortical bone walls also occur [3,8–10], rendering the lower limbs susceptible
to fracture. More than 30% of adults living with SCI sustain fragility fractures of the lower
extremities [11–16], an incidence two-fold greater than in the able-bodied population, with
most fractures occurring during normal daily living activities (i.e., transferring to and from a
wheelchair, dressing, and bathing [17]). These fractures not only compromise rehabilitation,
they also increase morbidity, mortality, and healthcare costs. Alarmingly, post fracture
complications also occur in 50% of SCI patients [15,18,19]. These complications include, but
are not limited to, respiratory and urinary tract infections, venous thromboembolic events,
fracture non-union or mal-union, and depression. Bone loss after SCI significantly reduces
a person’s quality of life and compromises physical well-being.

Numerous factors have been implicated in SCI-induced bone loss. First, there is loss
of signaling from muscle to bone. There is rapid loss of muscle after SCI: with muscle
weights reduced by 40–60% in young male rats just two weeks after a spinal cord tran-
section [20]. Normally, during muscle contractions and weight bearing, muscles release
signaling molecules including myokines that modulate the activity of osteoblasts and
osteoclasts, thereby affecting bone formation and resorption respectively [21–23]. For
example, the recently discovered myokine irisin is reported to increase osteoblast dif-
ferentiation and suppress osteoclast activity [24–26], although evidence suggests that its
effects may be dose and duration of exposure dependent [27]. Second, the disruption of
sympathetic neuronal signaling with SCI is posited to affect bone health by, e.g., allowing
intravenous shunts to open throughout bone, reducing blood flow through the tissue. The
resulting vascular stasis leads to decreased gas and nutrient exchange, and promotion of
local hyper-pressure which triggers osteoclast formation [28]. Dysfunction of the pituitary-
hypothalamic axis [29–31], increased adiposity in the bone marrow and muscle [22,32–35],
as well as insulin resistance [22], inflammation [36], and deficiencies of Vitamin D [37]
also contribute to bone loss after SCI. The multifactorial effects of SCI ultimately result in
bone formation being uncoupled from bone resorption, with a reduction in bone mass and
decreased skeletal integrity.

Along with SCI, aging and time post-injury exponentially increase fracture risk [38,39].
In the able-bodied population, bone mass peaks at about 25–30 years and then begins to
decline [40,41]. In fact, by 50–59 years of age, it is estimated that 5.1% of individuals in
this age group have osteoporosis, and an additional 40.2% have low bone mass [42]. Pre-
existing low bone mass and osteoporosis subsequently render older individuals vulnerable
to SCI, with an increasing incidence of injuries due to falls occurring in people older
than 60 years [43–48]. Superimposing SCI onto an already compromised system further
compounds the risk for fracture and related complications.

Similarly, changes in levels of sex hormones with age affect bone loss. After 50 years
of age, the incidence of osteoporosis and low bone mass is more than three times greater
in females than in males [49,50], an effect attributed to the rapid loss of estrogen during
menopause [51–53]. The effects of estrogen on bone are particularly relevant for SCI.
Amenorrhea and perimenopause symptoms are frequently observed in the acute phase of
SCI in both humans and animal models [54–56]. SCI coupled with an acute decrease in
estrogen levels, and prolonged decreases with aging, would significantly compromise bone
health. While the majority of traumatic SCIs occur in males, this demographic is changing
particularly in older age groups [45–47,57]. It is essential that we develop strategies to
reduce the loss of bone seen in the early stages of SCI and facilitate the rebuilding of bone
in chronic stages for all age and sex groups.

Surprisingly, however, despite significant effects of SCI, age, and sex on bone loss,
there have been no studies looking at the interactive effects on bone in an SCI model. To
address this, the current study assessed bone loss in young and old, male and female mice
after a moderate spinal contusion injury. We recorded locomotor function, activity levels in
an open field, and rearing for one month post injury. At the end of recovery, cancellous
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and compact bone was compared across groups. Commensurate with clinical findings, we
found significant effects of age and sex on bone loss, as well as age-dependent positive
correlations between bone loss and rearing activity.

2. Methods

2.1. Subjects

Both young (2–3 months) and old (20–30 months) male and female C57BL/6 mice
served as subjects. In total, 15 young males (4 shams, 11 SCI), 15 young females (7 shams,
8 SCI), 9 old males (4 shams, 5 SCI), and 16 old females (8 sham, 8 SCI) were available
in our Texas A&M Health Science Center animal facility for transfer to this animal use
protocol and assessment in this study. The mice were housed with littermates in ventilated
cages and maintained on a 12 h light-dark cycle, with access to both food and water ad
libitum. Mixed groups of aged and sex-matched SCI and sham mice were housed together,
with their positions on the cage racks randomized across groups. All testing and surgeries
occurred during the light cycle. Following a contusion injury, subjects’ bladders were
expressed manually every morning between 7:00 and 9:00 a.m. and evening between
4:30 and 6:30 p.m. This schedule was maintained until subjects regained bladder function
(operationally defined as voiding on own for three consecutive days). All of the experiments
reported here were reviewed and approved by the Institutional Animal Care Committee at
Texas A&M and were consistent with the NIH guidelines for animal care and use.

2.2. Spinal Contusion Injury

The mice were given a moderate spinal contusion injury (50 kdyne, T9–T10, Infinite
Horizons Impactor), or served as sham-injured controls. Briefly, under deep anesthesia
with isoflurane (2% gas, Piramal Pharma Solutions, Telangana, India), a small skin incision
was made over the spinal cord column covering lamina T7–T12. The spinous process of
T9 was located, and the T9–T10 vertebrae were removed (laminectomy). For the spinal
contusion injury, the vertebral column was fixed within the IH device, using two Adson
forceps, and a controlled impact was delivered to the exposed cord with a stainless steel
impactor tip. The mouse was visually inspected for evidence of bruising of the cord, and
then the muscles were sutured and the skin closed with Dermabond. All mice received daily
injections of saline (0.9%) and buprenorphine (0.05 mg/kg, Par Pharmaceutical Chestnut
Ridge, Chestnut Ridge, NY, USA) for 3 days and penicillin (5 mg/kg/day, Bayer Healthcare
LLC, Animal Health Division Shawnee Mission, Shawnee, KS, USA) for 7 days. Mice were
monitored daily, with their bladder expressed manually twice every day until the mice
were able to urinate without assistance or till the end of the experiment. As the focus of
this experiment was on spinal cord injury effects, rather than other stressors associated
with handling, anesthesia or peripheral injury that could affect bone health [58,59], sham-
injured mice served as controls. Sham mice underwent all of the same surgical and general
husbandry procedures as the spinal contusion mice with the exception of the controlled
impact to the exposed spinal cord, enabling the assessment of the contusion effects on bone
and activity independent of general surgery/recovery.

2.3. Assessment of Motor Recovery

Locomotor function was assessed for 28 days post injury using the Basso Mouse Scale
(BMS [60]). This test measures hindlimb motor movement with scores ranging from slight
ankle movement (BMS = 1) to occasional plantar weight supported stepping (BMS = 4) and
coordinated walking (BMS = 9). BMS scores were collected on the day following injury, and
then every other day from days 1–13 post injury, and every 3rd day from day 16 until day
28 post-injury. Mice were placed in the open enclosure (120 cm long, 60 cm wide, 23 cm
deep) and observed for 4 min. Experimenters were kept blind to subject’s experimental
treatment. Subjects were excluded from the experiment if BMS scores were >3 on the day
following injury.
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Motor recovery was also assessed with a rearing test. The mice were placed in a
high-ceiling Plexiglas chamber (27 cm long, 15 cm wide, 17 cm high) for 5 min, in a quiet
dark room (with red light), and videotaped. The number of rears performed in the 5-min
session was determined from post hoc video analyses. Rearing activity was assessed prior
to surgery, and then every 7th day until day 28 post-injury.

Open field activity levels were also assayed in automated activity chambers (43 cm
long, 43 cm wide, 15 cm deep, Hamilton-Kinder LLC, Chula Vista, CA, USA). Activity was
detected as infrared beam crosses (2.5 cm spacing). Each mouse was placed in the center of
an open field chamber and allowed to explore the apparatus freely for 10 min. The distance
traveled within the study time-period was recorded. Open field activity was assessed prior
to surgery and every 7 days until day 28.

At the end of the recovery period, the mice were deeply anesthetized (100 mg/kg of
beuthanasia, intraparietal) and perfused intracardially with PBS and 4% paraformaldehyde.
Following perfusion, a 1 cm segment centered at the lesion site was extracted and prepared
for cryostat sectioning. Sagittal sections (25 μm) were collected and stained as follows.
Sections were washed (3× with 0.4% Triton X-100 in 1× PBS), then blocked using 5%
normal horse serum (VWR 102643-676, Radnor, PA, USA), diluted in 0.4% Triton X-100
in 1× PBS, for 1 h. Sections were then incubated with primary anti-glial fibrillary acidic
protein (GFAP) antibody (1:500, Cat. No. 13-0300, ThermoFisher Scientific, Waltham,
MA, USA), diluted in 1× PBS with 0.4% Triton X-100 (PBS-TX), at 25 ◦C overnight. The
sections were then washed 3 times in PBS-TX before being incubated with Alexa Fluor
Plus 488 secondary antibody (1:1000, Cat. No. A32814, ThermoFisher Scientific) in PBS-TX
for 1 h and DAPI (1 μg/mL, Cat. No. 62248, ThermoFisher Scientific) for 5 min. After
being washed once more (PBS), the slices were mounted onto Superfrost Plus slides and
coverslipped (Cat. No. F6182, Sigma, St. Loius, MO, USA). Sections were imaged at 10×
on a Zeiss Axio Observer 7 fluorescent microscope. The contour (polygonal) tool in Zen 3.2
(Carl Zeiss AG, Oberkochen, Germany) software was used to trace and measure lesion size,
tracing the glial scar border labeled with GFAP surrounding a DAPI+ inner region. Three
spinal cord sections per mouse were imaged and analyzed.

2.4. Tibial MicroCT Analysis

Tibiae were harvested at sacrifice and fixed in neutral buffered formalin prior to eval-
uation of trabecular bone volume and architecture as well as cortical bone geometry by
micro-computed tomography (μCT50, Scanco Medical, Brüttisellen, Switzerland). Briefly,
the proximal tibia and tibial midshaft regions were scanned as 12 μm isotropic voxel size
using 55 kVp, 114 mA, and 200-ms. Bone volume fraction (BV/TV, %), trabecular thickness
(Tb.Th, mm), trabecular separation (Tb.Sp, mm), trabecular number (Tb.N, 1/mm), con-
nectivity density (ConnD 1/mm3), and volumetric bone mineral density (BMD, mg/mm3)
were calculated using previously published methods [61]. The cancellous bone region
was obtained using a semi-automated contouring program that separated cancellous from
cortical bone. At the midshaft, of the tibia, total cross sectional area (CSA, mm2), cortical
thickness (Ct.Th, mm), periosteal perimeter (mm), and endosteal perimeter (mm) were
assessed in a 1 mm long region. Bone was segmented from soft tissue using the same
threshold for all groups, 245 mg HA/cm3 for trabecular and 682 mg HA/cm3 for cortical
bone. All microCT scanning and analyses were compliant with published American Society
for Bone and Mineral Research (ASBMR) guidelines for rodents [62]. For the assessment of
bone, the investigators were kept blind to all subject’s experimental treatment. Age, sex,
and injury condition were revealed at the end of all assessments.

2.5. Statistical Analyses

Three-way repeated measure ANCOVAs were used to compare locomotor recovery,
open field activity and rearing across groups. In these analyses, Day 1 BMS scores served
as covariates in tests of locomotor function, and pre-injury assessments of rearing and
open field activity were covariates in these respective analyses. In all tests, day post injury
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served as the repeated measure. Significant main effects (p < 0.05) of age, sex, or injury
were further analyzed with independent t-tests to examine temporal effects on behavior.

Three-way ANOVAs were also used to compare trabecular bone volume and archi-
tecture, and cortical bone geometry across groups, followed by post hoc independent
t-tests comparing the means of groups that differed by only one factor (age, sex, or injury).
Differences were considered significant when p < 0.05. All data analyses were performed
using SPSS version 27.0 (SPSS, Inc., Chicago IL, USA).

3. Results

3.1. The Effects of SCI on Motor Recovery Are Task Dependent

All sham-operated subjects had the maximum BMS score of 9 across days. SCI signifi-
cantly decreased locomotor function. Further examining the SCI subjects only, a three-way
ANCOVA revealed no effect of sex (F (1,27) < 0.01, p > 0.05) or age (F (1,27) < 0.01, p > 0.05)
on the recovery of locomotor function (Figure 1A). All groups recovered plantar weight
supported stepping by Day 14 post injury. Analyses of the lesion size at 28 days post
injury also revealed no significant differences between groups (F (3,17) = 1.51, p > 0.05,
Figure 1B,C).

Figure 1. (A). Irrespective of age or sex all mice recovered locomotor function, assessed with the
BMS scale, over 28 days post injury. There were no significant differences in recovery across groups.
The Mean ± SEM for each group is shown across days, and the dashed line represents the score for
plantar, weight supported stepping. (B). Similarly, age and sex did not affect lesion size at 28 days
post injury. The white circles represent individual subjects. (C). Representative images of the lesion,
visualized with GFAP and DAPI staining, from each demographic are shown. For BBB analyses (A),
n = 5 old males, 11 young males, 8 old females, 8 young females. For lesion analyses (B), n = 3 old
males, 6 young males, 7 old females, 4 young females.
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Open field activity, however, was affected by injury, sex, and age (Figure 2). Not
surprisingly, subjects given a sham injury displayed increased open field activity relative to
SCI subjects (F (1,46) = 12.48, p < 0.001). This effect was largely driven by reduced activity
in all groups during the early phase of SCI. There was an effect of surgery on activity on
Day 7 post injury (t = −3.64, p < 0.001), but no differences were observed across groups on
Days 14–21 (t < −1.09, p > 0.05, on all days). Statistical comparisons were not performed for
Day 28, because the data for young females were corrupted and could not be included. As
can be seen in Figure 2, however, there were no differences in open field activity for sham
and contused mice in the remaining groups on Day 28. Similarly, the females displayed
increased open field activity relative to males on Day 7 post injury (t = 2.45, p < 0.02), but at
no other timepoint. Irrespective of the timepoint post injury, young mice displayed greater
open field activity than old mice (t > 2.04, p < 0.05 for all comparisons).

Figure 2. Age, sex and SCI affected open field activity. The young mice displayed greater activity in
the open field than the old mice, with females also displaying increased activity relative to males.
Not surprisingly, there was a main effect of SCI on activity. SCI reduced activity relative to sham
controls, particularly in the early stage of injury (Day 7), irrespective of the demographic observed.
Days (D) post injury are denoted on the x-axis, with the mean (±SEM) distance traveled in 10 min
depicted on the y-axis. n = 4 sham and 5 SCI old males; 4 sham and 11 SCI young males; 8 sham and
7 SCI old females; 7 sham and 8 SCI young females. *** p < 0.0001 and * p < 0.01.

As shown in Figure 3, there was also a significant main effect of injury (F (1,46) = 63.99,
p < 0.001) and age (F (1,46) = 21.33, p < 0.001), but no effect of sex (F (1,46) < 1.0, p > 0.05) on
rearing. There was also a significant interaction between injury and age (F (1,46) = 16.95,
p < 0.001). Rearing was decreased in SCI subjects at all timepoints post injury, relative
to sham controls (t > 2.58, p < 0.01 in all comparisons). Similarly, young subjects reared
more than old subjects at all days post injury (t > 3.14, p < 0.005, for all comparisons).
It is also noted that the sham subjects decreased rearing across testing days, likely re-
flecting decreased exploration as the experimental testing chamber became more familiar
across sessions.
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Figure 3. Age and SCI affected rearing activity. The young mice reared more than the old mice and
SCI reduced rearing activity relative to sham controls, irrespective of the demographic observed.
There was no effect of sex on rearing behavior. Days (D) post injury are denoted on the x-axis, with
the mean (±SEM) number of rears in 5 min shown on the y axis. n = 4 sham and 5 SCI old males;
4 sham and 11 SCI young males; 8 sham and 7 SCI old females; 7 sham and 8 SCI young females.
*** p < 0.0001, ** p < 0.001, * p < 0.01.

3.2. SCI Significantly Increases Bone Loss

A three-way ANOVA revealed main effects of age (F (1,46) = 88.7, p < 0.0001), sex
(F (1,46) = 26.36, p < 0.0001) and injury (F (1,46) = 9.12, p < 0.005) on trabecular bone volume
(Figure 4A,B), as well as a significant interaction between injury and age (F (1,46) = 6.14,
p < 0.05). Irrespective of sex and injury, old mice had lower trabecular bone volume than
young mice (t > 3.75, p < 0.0005 for all comparisons). The young females also had lower
trabecular bone remaining compared with the young males (t = 3.36, 3.95, for Sham and
SCI subjects respectively, p< 0.002). There was no difference between trabecular bone
volume for old sham males compared with old sham females (t = 0.40, p> 0.05), but the old
male mice with SCI did have more trabecular bone volume than their female counterparts
(t = 2.95, p < 0.01). Significant effects of SCI on bone volume were only evident in the young
mice (t = 2.94, 2.80, for males and females respectively, p < 0.01). There was no effect of SCI
on bone volume in the old male and female subjects.

There were also main effects of age (F (1,19) = 144.50, p < 0.0001) and sex (F (1,27) = 17.02,
p < 0.001) on trabecular number (Figure 4C), and significant interactions between sex
and age (F (1,19) = 14.20, p < 0.005) as well as injury and age (F (1,19) = 5.12, p < 0.05).
Again, irrespective of sex and injury, old mice had lower trabecular bone numbers than
young mice (t > 3.91, p < 0.0009 for all comparisons). The young females also had lower
numbers of trabeculae than the young males (t = 3.33, 5.03, for Sham and SCI subjects
respectively, p < 0.002). There was no difference between trabecular number for old sham
males compared with old sham females (t = 0.14, p > 0.05), but the old SCI male mice did
have greater trabecular numbers than old female SCI mice (t = 2.11, p < 0.01). Significant
effects of SCI on trabecular number were only evident in the young female mice (t = 2.10,
p < 0.05). There was no effect of SCI on trabecular number in the young male, old male or
old female subjects.
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Figure 4. SCI, age, and sex affected trabecular bone. (A). Coronal (top panels) and lateral (bottom

panels) view of microCT 3D reconstructions of 200 contiguous slices of the tibial metaphysis from
a representative mouse in each group. (B). Females has less trabecular volume than males and,
irrespective of sex, trabecular volume decreased with age. For the young subjects, SCI also decreased
trabecular volume. (C). Females also had a reduced number of trabeculae, and the number of spicules
was lower in older subjects regardless of sex. In young females there was also a decrease in trabecular
number with age. (D). There was a main effect of sex on trabecular thickness, with females showing
increased thickness relative to males. Age and sex did not affect this parameter. (E). Sex, age and
SCI affected trabecular spacing. Spacing increased in females, relative to males, and in older subjects
relative to young. SCI increased trabecular spacing in the young females. (F). Connective density
was also greater in males relative to females, and in young compared to old mice. SCI decreased
connective density in young females. (G). There was no effect of sex, age or SCI on bone mineral
density. Means ± SEMs are plotted for each group. Individual subjects are shown with the round,
white symbols. n = 4 sham and 5 SCI old males; 4 sham and 11 SCI young males; 8 sham and 7 SCI
old females; 7 sham and 8 SCI young females. ** p < 0.01, * p < 0.05.
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There was a main effect of sex only on trabecular thickness (F (1,17) = 19.03, p < 0.001,
Figure 4D), with significant interactions between sex and age (F (1,17) = 15.61, p < 0.001) as
well as sex, injury, and age (F (1,17) = 9.77, p < 0.01). The sex effect was driven by the old
subjects. Old female mice, with and without SCI, had greater trabecular thickness than the
old male mice (t = 5.49, 2.40, for Sham and SCI subjects respectively, p < 0.05).

Consistent with the other trabecular parameters, for trabecular spacing, there were
main effects of age (F (1,19) = 136.90, p < 0.0001) and sex (F (1,27) = 27.38, p < 0.0001),
but no effects of injury or significant interactions (Figure 4E). All young mice had less
trabecular spacing than their sex and injury-matched conspecifics (t > 5.41, p < 0.0001 for
all comparisons). Young sham males also had less trabecular spacing than the young sham
females (t = 2.56, p < 0.05), and both the young and old male SCI mice had less spacing than
the young and old female SCI mice, respectively (t = 4.65, 2.72, p < 0.01 for both analyses).

There were also main effects of age (F (1,19) = 126.90, p < 0.0001) and sex (F (1,27) = 5.44,
p < 0.05), and no effects of injury on connective density (Figure 4F). There was also a signif-
icant interaction between injury and age on this parameter (F (1,19) = 6.80, p < 0.05). All
young mice had greater connective density than their sex and injury matched conspecifics
(t > 4.12, p < 0.0005 for all comparisons). Sex effects were seen in the SCI subjects only
(t = 3.32, 2.27, for young and old SCI subjects respectively, p < 0.05). Specifically, an effect
of injury was seen in the young females (t = 2.16, p < 0.05), with SCI decreasing connec-
tive density. No effects of sex, age, or SCI were seen on volumetric bone mineral density
(Figure 4G).

For cortical bone measurements (Figure 5), only age affected cortical thickness and pe-
riosteal perimeter measures (F (1,45) = 45.40, p< 0.001; F (1,18) = 14.77, p < 0.005, Figure 5C,D,
respectively). Young mice had greater cortical thickness than the old mice matched for
sex and injury (t > 2.16, p < 0.05 for all comparisons), and smaller periosteal perimeters
for all groups except the sham males (t > 2.42, p < 0.05 for all comparisons). Both age and
sex also affected endosteal perimeters (F (1,18) = 28.91, p < 0.0001; F (1,27) = 4.86, p < 0.05,
respectively, Figure 5E). Post hoc comparisons showed that young mice had greater cortical
thickness than the old mice matched for sex and injury for all comparisons, except for the
sham males (t > 2.91, p < 0.01 for all comparisons). There were no effects of SCI on cortical
bone at one month post injury.

3.3. Open Field Activity and Rearing Were Significantly Correlated with Decreases in Tibial
Trabecular Bone Volume

Pearson’s product-moment correlations were used to examine the relationship between
trabecular bone volume and motor activity in the SCI subjects only. With no change in
motor function, sham subjects were not included in these analyses. There was no correlation
between BMS scores collected on Day 28 and trabecular bone volume (r = −0.14, p > 0.05,
Figure 6A,B). However, both open field activity and rearing behavior were significantly
correlated with trabecular bone volume (r = 0.44, 0.54 respectively, p < 0.01, Figure 6C,E).
The correlation between open field activity and bone volume was driven by the young
male subjects (r = 0.74, p < 0.005). Correlations between bone volume and activity were
not significant for any other group. The correlation between rearing and bone volume was
powered by the young subjects (r = 0.54, p < 0.01, Figure 6D,F), although at an individual
group level the only correlation that was significant was for the old females (r = 0.74,
p < 0.05).
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Figure 5. SCI did not affect cortical bone structure after only one month. (A). Coronal views of mi-
croCT 3D reconstructions of the 50 contiguous slices of the tibial mid-diaphysis from a representative
mouse in each group. (B). There was also no effect of age or sex on cortical bone cross sectional
area. (C). Age did, however, decrease cortical thickness and (D). increased the periosteal perimeter.
(E). Both age and sex also affected the endosteal perimeter. The endosteal perimeter increased with
age, and was larger in females than males. Means ± SEMs are plotted for each group. Individual
subjects are shown with the round, white symbols. n = 4 sham and 5 SCI old males; 4 sham and
11 SCI young males; 8 sham and 7 SCI old females; 7 sham and 8 SCI young females. *** p < 0.001,
** p < 0.01, * p < 0.05.
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Figure 6. There was no correlation between trabecular bone volume and locomotor function per se,

but open field activity and rearing were associated with increased bone volume. (A). BMS scores
collected on Day 28 were not correlated with bone volume across all SCI mice or (B). in young SCI
mice only. (C). There was a strong correlation between open field activity (on Day 21 post injury)
and tibia bone volume. (D). The correlation between open field activity was not seen in the young
mice per se, but was clear for young male mice alone. (E). Rearing was also strongly correlated with
tibia trabecular bone volume. (F). This effect was also clear in the young SCI subjects alone and
particularly in the young female subjects. n = 5 SCI old and 11 SCI young males; 7 SCI old and 8 SCI
young females.
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4. Discussion

Despite the recovery of plantar weight-supported stepping, SCI resulted in decreased
tibial trabecular bone volumes in mice one month after injury. The effects of SCI on bone loss
were only seen in young mice, irrespective of sex, but this was likely influenced in part by
dramatically lower bone volumes seen in older subjects with and without injury producing
a floor effect. Trabecular bone volumes were 2–3 fold lower in old mice compared with their
young, sex-matched conspecifics. Interestingly, the relationship between trabecular bone
volume and activity was also contingent on age. Trabecular bone volume was significantly
correlated with open field activity in young males only, and bone volume correlated with
rearing in the young, but not old, mice. These data suggest that load and use may reduce
bone loss after SCI, but that the effectiveness of physical therapy may be contingent on
patient demographics.

The lack of effects of locomotor function on bone volume in the mice, concur with
our previous findings in a rat contusion SCI model and with human data. In a previous
study of young male rats with a moderate contusion injury we found that recovery of
locomotor function did not reduce bone loss after SCI. Despite the recovery of plantar
stepping, rats with SCI had lower cancellous bone volume, lower bone formation rate,
lower osteoid surface, and higher osteoclast surface at one-month post-injury than age-
matched controls [36]. In the current study, there was also no correlation between trabecular
bone function and recovered locomotor function, assessed with the BMS scale. Most studies
with humans have also shown that standing or walking with assistance is not sufficient to
improve bone parameters after SCI (for review see [19]). Instead, the efficacy of activity-
based interventions appears contingent on the duration of training and the mechanical
strain induced with muscle loading [19]. In the clinical studies, for example, improvements
in bone parameters were seen when the number of weekly training sessions were increased,
as well as with increased compressive loads during activity (for review see [19]). In the
current study, the mice recovered plantar-weight supported stepping, but the SCI might
still affect the amount of locomotion that they engage in. For example, both rodents and
humans have an increased incidence of depression after SCI [63–71], which could reduce
motivation to move in the home cage. Rather than locomotor function per se, focusing
on activities that place high compressive loads on the bone or increasing the duration of
physical activity may be important for re-establishing bone formation after SCI.

Supporting this premise, in the present study we found that increased tibial trabecular
bone volume was associated with increased activity levels in an open field and increased
rearing. Our interpretation of these data is limited, as activity in the open field is not
a complete representation of activity in the home cage and correlations do not denote
causation. Nonetheless, these data do suggest that increasing locomotor activity or the load
placed on the hindlimbs, below the level of injury, in rearing might protect against bone
loss, or increase bone formation, in the mouse SCI model. Notably, the data also suggest
that the effects of physical activity may be contingent on the targeted demographic. While
tibial trabecular bone volume correlated with increased open field activity and increased
rearing in young mice, there was no clear relationship between these variables in the older
subjects. Research on the effects of age and physical therapy in older people with SCI is
extremely limited, with most studies focused on young adults. There are only two published
case reports on older adults with chronic SCI, that were trained three times a week with
functional electrical stimulation leg cycle ergometry. For the older adults, training increased
lean mass, decreased % body fat, and increased scores on quality-of-life questionnaires.
However, it did not improve bone mineral density [72,73]. A recent prospective study
of factors associated with a change in bone density in chronic SCI [74], also included
participants with a mean age of 55.1 ± 14.4 (SD) years (ranging from 24.7–87.1 years).
Interestingly, this large study with 152 participants, found that wheelchair users lost more
bone mineral density at the knee than walkers per year, an effect that was independent
of age. These data stress the importance of post-injury exercise and potential benefits
irrespective of age. However, it is likely that the intensity of the activity and the duration
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would need to be significantly higher to yield benefits in older, compared to young, adults
with SCI [75]. Indeed, even in the able-bodied population, traditional exercise programs
seem to be less osteogenic in mature compared to young adults [76]. There appears to be a
decline in the sensitivity of bone to mechanical loading with aging. In fact, aging is also
associated with declines in the number and function of bone forming osteoblasts, and the
differentiation of these cells from multipotent mesenchymal stem cells [77–82].

Sex also affects bone loss in the general population, with osteoporosis significantly
increased in post-menopausal women. While changes in hormone levels link sex to age
in most human studies of bone loss, rats and mice do not experience the abrupt loss
of estrogen at menopause, nor do androgen levels seem to decrease with age in male
mice [83–85]. SCI, however, does produce transient changes in testosterone and estrogen
in rodent models, which could differentially affect bone loss [55,86–90]. In the current
study, we observed significant effects of sex on trabecular bone volume and number, as
well as spacing, thickness, and connective density, irrespective of injury. Young females
had lower bone volumes than males, likely corresponding to their lower body weight per
se. Indeed, young adult men have almost 25% greater whole body bone mineral content
compared with women [91], a difference that can be largely predicted simply based on
average height differences between the sexes [92]. Young men also develop greater tibia
trabecular bone volume in late puberty, primarily with greater trabecular thickness and
trabecular number [93–95]. Intriguingly, in humans, these sex differences are only seen
in the periphery, and not at central sites [92,96,97]. Our findings in the mouse model
concur with the sex differences seen in humans. In the older subjects, however, sex effects
were only observed after SCI. After SCI, the older males had increased trabecular bone
volume and numbers remaining, increased thickness, and decreased spacing between
trabecules compared with the old females, likely due to the fact that so little trabecular bone
remained in the aged females to be impacted by SCI (Figure 4A). Interestingly, changes in
the trabecular bone with SCI were not related to activity in the older subjects. As can be
seen in Figures 3 and 4, rearing and open field activity did not differ between males and
females with or without SCI at the older age.

Overall, the data collected in the mouse model of SCI suggest that while simple
locomotion is not the key to improving bone integrity after SCI, activities that place high
compressive load on the hindlimbs and increased duration of training might improve
skeletal integrity. While our data suggest that the benefits of training may be restricted to
young adult subjects, there is data to indicate that older adults also benefit from physical
rehabilitation in terms of general and potentially bone health in the clinical setting [74].
One limitation of the current study, however, is that our assessments were limited to
the acute and subacute stages of SCI. The proposed requisites of training would present
challenges in early stages of SCI, as normal weight bearing is often not possible. However,
other ways of loading the bone, including electrical stimulation of the muscles, have been
explored. In rat models of SCI (complete thoracic transections), electrical stimulation has
been shown to reduce bone resorption rates, increase multiple measures of trabecular
bone mass, restore cortical mechanical strength, and alter gene expression in bone marrow
progenitor cells [98,99]. Specifically, Qin and colleagues found that electrical stimulation
increased gene expression for signaling pathways responsible for osteoblast differentiation
and function, as well as for the regulation of osteoclasts by cells of the osteoblast lineage.
While caution would be required, these data suggest that interventions in the acute phase
of injury might reduce the dramatic loss of bone inherent to this stage of SCI. Notably early
electrical stimulation could also be applied irrespective of injury severity.

Conceptually, exoskeleton training could also be used in combination with electrical
stimulation to increase physical activity and place gravitational load on the lower limbs.
A number of bionic exoskeletons are now FDA approved for assisting walking after SCI,
including EksoTM, RewalkTM, and Indego® systems, as well as the implanted neuropros-
theses, Parastep® 1, which uses functional neuromuscular stimulation (FNS) to generate a
majority of the muscular torque required to move and stabilize the lower extremities. These
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exoskeletal ambulation devices can significantly improve cardiovascular and psychological
health [100–104]. However, unfortunately, there is no evidence to suggest that use of these
devices can protect against or reverse SCI-induced bone loss. As part of a multicenter
study evaluating the effectiveness of the Parastep® 1, Needham-Shropshire et al. [105]
assessed bone mineral density in the proximal femur. Sixteen people, at least six months
post SCI, completed 32 sessions (three sessions per week over 11 weeks) of Parastep® 1
ambulation training and an additional eight weeks of FNS training There were no changes
in bone mineral density in the proximal femur. Similarly, Thoumie et al. [106] reported no
beneficial effects of training, with the RGO-II hybrid orthosis, on bone. The lack of effects
seen with exoskeleton training could stem from limitations in the duration of walking,
which is significantly constrained by fatigue. Indeed, more recently, Karelis et al. [107]
reported a tendency for an increase (14.5%) in the bone mineral density of the tibia with
use of the battery-powered, motor driven Ekso robotic exoskeleton system, at least three
times per week for up to 60 min of free overground walking. Powered exoskeletons that
enable increased time spent walking may impact bone. Delayed onset of rehabilitative
training might also limit the effectiveness of exoskeleton training. In the Parastep evalua-
tion, training was not initiated until at least six months post injury. Based on the findings of
the present study in mice, however, the lower gravitational loads placed on the leg bones
when using orthotic devices may be the most critical limitation for osteogenic efficacy.
The orthotic components of ambulatory systems are designed to protect the insensate
joints and osteoporotic bones of users from possible damage with loads applied during
walking [108]. Moreover, ground-reaction forces increase as walking speed increases [109].
Slower walking in orthotic devices would place less compressive force on the bone, and
potentially limit the effects of training on osteogenesis. According to Frost’s mechanostat
theory [110], there is an optimal range of mechanical loading essential for osteogenesis.
The range of mechanical loading that is required to reduce or reverse bone loss after SCI
needs to be determined [19].

Currently, there are no clinical guidelines for the prevention or reversal of SCI-induced
bone loss. Moreover, interventions that are effective for other forms of osteoporosis have
limited efficacy after SCI. While this is not surprising, given the multifaceted etiology of
bone loss after SCI, the dramatic bone loss seen after SCI significantly affects psychological
and physical well-being. Further exploration of the critical factors contributing to acute
bone loss and the development of strategies to improve long-term bone health is an urgent
and unmet need for people living with spinal cord injury.

5. Conclusions

In sum, commensurate with both preclinical and clinical data, spinal cord injury led to
a significant loss of trabecular bone volume below the level of injury. The effects of SCI on
bone were only significant in young mice, with the dramatically lower bone volumes seen
in older subjects likely masking any effects of injury. Intriguingly, tibial trabecular bone
volume in the young SCI mice was significantly correlated with rearing activity. Increased
rearing, which would place a high compressive load on the hindlimbs, positively correlated
with increased bone volume. These data suggest that while the effectiveness of physical
therapy may be contingent on patient demographics, interventions initiated early after SCI
that place high compressive load on the hindlimbs may reduce bone loss.
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Simple Summary: The present study demonstrates severity-dependent effects of a thoracic T8 injury

on cardiometabolic dysfunctions in adult mice. While these chronic cardiometabolic issues can be

multifactorial, the data indicate that systemic inflammatory response is likely to be involved. These

findings are supportive of the role of systemic inflammation following SCI being critical in identifying

therapeutic targets and predicting long-term outcomes.

Abstract: Changes in cardiometabolic functions contribute to increased morbidity and mortality after

chronic spinal cord injury. Despite many advancements in discovering SCI-induced pathologies,

the cardiometabolic risks and divergences in severity-related responses have yet to be elucidated.

Here, we examined the effects of SCI severity on functional recovery and cardiometabolic functions

following moderate (50 kdyn) and severe (75 kdyn) contusions in the thoracic-8 (T8) vertebrae in mice

using imaging, morphometric, and molecular analyses. Both severities reduced hindlimbs motor

functions, body weight (g), and total body fat (%) at all-time points up to 20 weeks post-injury (PI),

while only severe SCI reduced the total body lean (%). Severe SCI increased liver echogenicity starting

from 12 weeks PI, with an increase in liver fibrosis in both moderate and severe SCI. Severe SCI mice

showed a significant reduction in left ventricular internal diameters and LV volume at 20 weeks

PI, associated with increased LV ejection fraction as well as cardiac fibrosis. These cardiometabolic

dysfunctions were accompanied by changes in the inflammation profile, varying with the severity of

the injury, but not in the lipid profile nor cardiac or hepatic tyrosine hydroxylase innervation changes,

suggesting that systemic inflammation may be involved in these SCI-induced health complications.

Keywords: spinal cord injury severity; cardiometabolic disease; liver and cardiac dysfunctions; fibrosis

1. Introduction

It is estimated that there are 245,000 to 353,000 persons suffering from SCI in the
United States, with approximately 17,500 new cases each year [1]. These injured indi-
viduals are known to face lifelong locomotor disabilities, resulting from the injury to the
central nervous system leading to neural cells loss, axon degeneration, and other cellular
events at the injury site [2,3]. What is less known is that people living with SCI experience
numerous detrimental medical complications that have great influence on their quality
of life, including diabetes and cardiovascular disease [4,5]. Individuals with chronic SCI
are prone to cardiometabolic disease [6–9]. In the general population, risk factors, such as
metabolic syndrome (MS), obesity, glucose intolerance, hypertension, high blood triglyc-
erides levels, and decreased high-density lipoprotein (HDL) [10,11], increase the prevalence
of cardiovascular disease (CVD) [12,13]. In the general population, more than a third of US
individuals suffer from MS [14,15]. MS symptoms are more prevalent in SCI patients than
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in the general population. In a recent study, it was estimated that more than 50% of SCI
patients have symptoms of MS [16]. Increased lipid profile, an important biomarker for
MS, induces insulin resistance, systemic inflammation, and oxidative stress [17]. The high
prevalence of MS and decreased physical activity affect the balance between energy intake
and energy expenditure and predispose these individuals to MS. In this regard, individuals
suffering from SCI have reduced physical activity, systemic inflammation, and changes
in the distribution pattern of adipose tissue in the body, which can all participate in the
development of MS in these population [18,19].

SCI not only effects motor and sensory function within the central nervous system, but
also disrupts the peripheral neural circuitry and signals to vital organs in the body, resulting
in severe long-term complications outside of the central nervous system [4]. A large body of
evidence indicates that SCI has major effects on body composition and metabolism [20–22],
which can lead to a variety of risk factors including obesity [7,23,24], lower limbs skeletal
muscle atrophy [25,26], decreased daily energy expenditure [13], changes in glucose-insulin
homeostasis [21,22,27], and cardiovascular disease [28]. Assessment of body composition
following SCI is critical to predict the development of cardiometabolic diseases, but is
not commonly accessible in clinical evaluations [29,30]. Data from both humans and
experimental animals indicate that in the early stages of SCI, body weight is decreased due
to the reduction in lean body mass and fat depots [31,32]. These changes depend on the
injury severity, level of injury, and duration of the injury [22,33].

The liver is a key organ regulating many metabolic processes in the body, and plays a
vital role in body energy metabolism [34]. Under normal physiological conditions, digested
food components such as glucose, amino acids, and fatty acids are transported to the
liver. The liver metabolizes glucose into pyruvate for ATP production and produces the
substrates required to synthesize fatty acids through lipogenesis. These fatty acids can
be stored as lipid droplets and membrane structures in the hepatocytes or secreted into
blood circulation. During starvation, liver gluconeogenesis induces glucose production
and promotes lipolysis. These metabolic pathways are highly regulated through neuronal
(the sympathetic and parasympathetic system) and hormonal (insulin and glucagon) path-
ways [35]. Therefore, liver dysfunction may lead to many complications including type
2 diabetes, insulin resistance, and nonalcoholic fatty liver diseases (NAFLD) [36]. Although
SCI increases the prevalence of MS, only a few human studies have examined liver function
following SCI. Using ultrasound imaging, Sipski et al. reported that approximately 80%
of chronic SCI patients exhibited liver abnormality [37]. A recent study by Rankin et al.
used magnetic resonance imaging (MRI) to demonstrate increased liver adiposity during
chronic SCI which impacts the metabolic profile, highlighting the critical need to measure
liver adiposity following SCI [38]. In a rat SCI model, Sauerbeck et al. reported hepatic
changes including increased lipid infiltration and inflammation in the liver as early as
3 weeks PI [39]. The systemic inflammation and increased inflammatory cytokines in the
liver following SCI may significantly induce liver dysfunction [40,41]. Understanding the
progression of metabolic diseases could help identify points of intervention to increase the
life expectancy and quality of life of individuals with SCI.

CVD is the leading cause of mortality among SCI individuals [42]. Depending on the
severity and injury level, SCI may disrupt the innervation to the heart, causing cardiovascu-
lar autonomic dysfunction, leading to blood pressure and heart rate dysregulation [43–46].
In humans, patients with cervical and high-thoracic level injuries are more likely to develop
CVD [47], probably due to the change in sympathetic nervous activity. For this reason,
most of the data from experimental animals are focused on the SCI above the sixth thoracic
vertebra (T6) [48]. This includes T5 complete transection in rats [49,50] and T3 moderate
or severe contusion in rats [51,52] which can lead to significant changes in cardiovascular
function. While thoracic and lumbar SCI represent 50% of the injuries and 40% the clinical
studies which assessed the effects of low-thoracic/lumbar SCI on CVD in humans [47], the
effects of low-thoracic/lumbar SCI in pre-clinical models have not been assessed. Addi-
tionally, very few studies have assessed the cardiovascular (and metabolic) dysfunctions
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at chronic time points in animal models. In the present study, we focused on evaluating
the impact of thoracic-8 vertebrae (T8) SCI contusions on the cardiometabolic function
following long term injury. The aim is to examine the changes in cardiometabolic functions
following SCI without altering the sympathetic control of the heart at chronic time points
in mice. Male mice received T8 contusions at two severity levels and were monitored
by echocardiography, EchoMRI, GTT, body weight, behavior assessments of functional
regeneration, and histological evaluation of the liver, heart, and spinal cord after 20 weeks.
Results revealed new aspects of cardiometabolic alterations that occur after SCI, revealing
the critical role that SCI severity plays on CVD.

2. Materials and Methods

2.1. Animal Care and Procedure for SCI

All experimental animal procedures were approved by the Texas A&M University
Institutional Animal Use and Care Committee (IACUC). C57BL/6 mice were purchased
from Taconic and bred in our vivarium. Six-month-old male mice were randomly assigned
to one of three treatment groups: sham, moderate (50 kdyn), or severe (75 kdyn) SCI. Each
cage housed up to 5 mice, which were housed in a climate-controlled facility in ventilated
cages with a 12-h light/dark cycle. All mice were fed a control diet with ad libitum access
to water. SCI was induced by contusion to the spinal cord as previously described [53].
Briefly, mice were anesthetized by 3% induction and maintained on 1.5% of isoflurane
inhalation and the surgical site at thoracic T8 was shaved and sterilized by isopropyl
alcohol. The surgical site was incised, and a partial dorsal laminectomy was performed
at T8-9 to expose the spinal cord without penetrating the dura. SCI was induced using
the NYU-MASCIS weight-drop impactor [54] at 50 kdyn for moderate and at 75 kdyn for
severe SCI (2-sec dwell time). The back muscles were sutured, and the skin was closed
with surgical glue. Sham mice received only a laminectomy identical to the other groups
without a contusion. After surgery, all mice received saline solution and buprenorphine
(0.05 mg/kg, Par Pharmaceutical Chestnut Ridge, Chestnut Ridge, NY, USA) daily for
3 days for hydration and pain, respectively, and penicillin (5 mg/kg/day, Bayer Healthcare
LLC, Animal Health Division Shawnee Mission, Shawnee, KS, USA) once daily for 7 days
to prevent secondary infection. Mice were monitored daily, with their bladder expressed
manually twice every day until the mice were able to urinate without assistance or till the
end of the experiment.

2.2. Behavioral Assessment

Motor functional recovery of hindlimbs was assessed by the Basso Mouse Scale (BMS)
and rotarod tests. BMS test was performed as previously described [55,56]; mice were
observed for 5 min by two observers blinded to injury type groups. Many features were
noted, including ankle movements, stepping pattern, coordination, paw placement, trunk
instability, and tail position, with a minimum score of 0 (no movement) to a maximum
score of 9 (normal locomotion). Both observers agreed on each of the final scores for each
mouse and the average score of all mice within a group is considered the final score for
that group.

Rotarod testing was performed as previously described [55], with one individual
blinded to injury type performed the test. Mice are placed on a rod (Ugo Basile, Gemonio,
Germany) rotating at increasing speeds from 5 to 50 rpm in 3-min intervals with constant
acceleration. The latency to fall (in seconds) was averaged between two trials per session.
Mice are first acclimated to the test for two sessions for five days the week before injury,
and one additional session one day before injury (baseline). Both BMS and rotarod tests
were performed at baseline and then at day 3, 7, 14, 21, 28, and then every two weeks up to
140 days PI.
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2.3. Body Composition Analysis

All mouse body compositions (fat tissue % and lean tissue %) were determined
by an EchoMRI-100 quantitative magnetic resonance whole body composition analyzer
(EchoMRI-100H, Echo Medical Systems, Houston, TX) as previously described [57]. Each
mouse was weighed and scanned without anesthesia. Mice were scanned at baseline prior
to injury and then at 4-, 8-, 12-, 16-, and 20-weeks PI. The body weight of each mouse was
collected using a digital scale at 7, 14, 21, and 28 days and then monthly thereon until the
end of the experiment.

2.4. Liver Ultrasound Image Acquisition and Analysis

Mice liver parenchyma was assessed for changes in structures before and after SCI us-
ing ultrasound imaging as described previously [58] with modifications as described below.
Briefly, mice were anesthetized with 3% isoflurane and maintained with 1.5% isoflurane.
Heart rate and temperature were monitored throughout the procedure. The abdominal
cavity was shaved before applying Nair to remove the remaining hair. Ultrasound gel was
then placed on the mouse’s abdomen as a final step before the probe was applied to image
the liver and kidney. The images were taken using a VisualSonics 3100 high frequency
machine along with MX 550 D transducer probe. For consistency, two-dimensional B-mode
images were acquired with the following acquisition settings (frequency = 40 MHz, frame
rate = 165 fps, gain = 35 dB, depth = 15 mm, width = 14.08 mm, dynamic range = 60 dB).
Images captured the entirety of both organs separately. After imaging, mice were allowed
to recover in a cage and observed for signs of pain or discomfort. The echogenicity of
the liver was examined and analyzed using ImageJ software as previously described [58]
with modifications described below. Three regions of interest (ROI) plane were selected
manually surrounding the portal vein excluding the hepatic vessels and imaging artifacts
(area circle size 1 cm2). The mean gray value of each of the three circles was calculated at
three different areas for each ROI plane, averaged, and analyzed for each mouse. The same
procedure was applied to the kidney images (around the cortex area), except for the circle
area size of 0.5 cm2, which was used as an internal control. The intensity of liver images
was normalized to the kidney images for each mouse. Data are presented as a hepatic to
renal (H/R) ratio.

2.5. Echocardiography Analysis

Mice were scanned with echocardiogram to assess cardiac structure and function at
different time points as previously described [59]. Mice were imaged under anesthesia
with isoflurane (induction at 3% and then maintained on 1.5%) with a heart rate of 400 to
500 beats per minutes. Chest hair was removed, and warm ultrasound transmission gel
was applied. Parasternal short axis view of the heart with M-mode echocardiograph was
acquired using VisualSonics 3100 high frequency machine along with MX 550 D transducer
probe with 40 MHz center frequency. Parasternal long axis B-mode ultrasound was used
as a reference image for the M-mode acquisition of the short axis. To ensure comparison
between all measurements, focus was emphasized on the midventricular level of the heart,
by identifying the papillary muscles. Left ventricle measurements were performed using
the auto LV analysis tool by tracing the internal diameters of the ventricle, averaged from
three consecutive cycles for each animal [59–63]. To limit noise caused by respiratory
movements, images were acquired when the mice was not actively breathing, as assessed
with the respiratory rate provided with the ultrasound system. The functional parameters
and anatomical measurements of LV that were assessed include (left ventricle internal
diameter (LVID), left ventricular (LV) mass, left ventricular posterior wall thickness (LVPW),
left ventricular anterior wall thickness (LVAW), cardiac output (CO), stroke volume (SV),
ejection fraction (EF), and fractional shortening (FS) as previously described [59–61].
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2.6. Glucose Metabolism

Intraperitoneal glucose tolerance test (IPGTT) was performed before SCI surgery and
at 14 weeks and 20 weeks PI as previously described [59]. Briefly, after mice fasted for
16 h, a baseline fasting blood glucose level was recorded before each mouse received
intraperitoneal administration of 20% (2 g/kg) glucose solution (Sigma, Kawasaki, Japan).
Blood glucose levels were recorded 15, 30, 60, and 90 min after administration. Blood
glucose levels were quantified using a glucose meter (Bayer Contour Next EZ blood
glucose meter, Bayer HealthCare, IN, USA) by taking a blood sample (<5 μL) from a small
incision made at the tip of the tail using clean surgical scissors. Area under the curve (AUC)
for blood glucose levels in each mouse during IPGTT was calculated using GraphPad Prism
(Prism 9.0, GraphPad Software, San Diego, CA, USA).

2.7. Triglyceride, Cholesterol, and Insulin Analysis

Liver samples were analyzed for triglyceride content and concentration. Liver medial
lobe samples were collected fresh from each mouse right before perfusion. Samples were
then immediately flash frozen using liquid nitrogen and stored at −80 ◦C until testing.
Approximately 0.25 g of liver tissue were homogenized in 2:1 chloroform methanol, mixed
with 1 mol/L CaCl2, and centrifuged for 15 min at 13,000 rpm at 4 ◦C as previously
described [64]. Then, 400 μL of the lower lipid phase was removed and placed in a
fume hood to allow for evaporation. Once evaporated, the samples were reconstituted in
isopropanol and directly analyzed using InfinityTM Triglycerides Liquid Stable Reagent (Cat.
No. TR22421, ThermoFisher Scientific, Waltham, MA, USA) according to the manufacturer’s
instructions. The resulting assay values were then normalized to the liver tissue mass to
produce absorbed triglyceride content (μg/mg).

Plasma samples were analyzed for triglyceride content, cholesterol, and insulin con-
centrations. Blood samples were collected from the submandibular vein at 18 weeks post
SCI and centrifuged at 14,000 rpm for 15 min at 4 ◦C to separate the plasma. Plasma
triglyceride concentrations (mg/dL) were analyzed using InfinityTM Triglycerides Liquid
Stable Reagent according to the manufacturer’s instructions. Free cholesterol concen-
tration (μM) was determined using InvitogenTM Amplex® Red Cholesterol Assay Kit
(Cat. No. A12216, ThermoFisher Scientific) per the manufacturer’s instructions. Lastly,
plasma insulin concentrations (ng/mL) were assessed using Ultra-Sensitive Mouse Insulin
ELISA Kit (Cat. No. 90080, Crystal Chem, Elk Grove Village, IL, USA) according to the
manufacturer’s instructions.

2.8. Histological Analysis of Heart and Liver Tissues

Mice were perfused. Heart and liver tissues were removed and fixed in 4% paraformalde-
hyde (PFA) in 1× PBS for 24 h before incubating in 15% then 30% sucrose solution for
24 h each. Heart samples were then cut in the middle across the transverse plane. The
lower parts of the hearts (containing the apex) were embedded. Left lobe liver sections
were embedded such that the tissue closest to the portal triad would be sectioned. Both
heart and liver tissues were placed in OCT compound (Cat. No. 625501-01, Sakura Finetek,
Torrance, CA, USA, Inc., Torrance, CA, USA) for embedding. Heart cross sections from
the middle point of the heart and left lobe of liver transverse sections were cut at 8 μm
thickness with 50μm between each section using a cryostat (Leica Biosystems CM3050
S). Sections were stained with Masson’s trichrome staining (Sigma-Aldrich, HT15-1KT)
according to the manufacturer’s instructions to examine perivascular accumulation of
collagen in the tissue. Analysis and quantification of fibrotic areas were performed as
previously described [65] where 3–4 sections per tissue were imaged at 20× on a Zeiss Axio
Observer 7 fluorescent microscope. Quantification of the left ventricle and liver sections
was performed using ImageJ software (NIH, Bethesda, MD, USA). Briefly, the total area for
each image was computed and the color-based threshold tool was used to highlight the
fibrotic (blue) regions of tissue in each image. To ensure standardization, the hues were set
at 130 and 190 for each fibrotic image.
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LV thickness was measured using Zen Lite software. For each mouse, 3–4 represen-
tative heart sections were chosen. For each section, the LVAW and LVPW thickness was
measured by drawing three lines spanning the entire wall thickness and then averaging
the length of three drawn lines. The precise locations of these lines were chosen to measure
the thickness at the best tissue structural integrity (i.e., no tears resulting from mounting)
and avoiding the regions surrounding the papillary muscles.

2.9. Tyrosine Hydroxylase (TH) Immunofluorescence Staining of the Heart and Liver

To assess if the T8 contusion SCI affected innervation of the heart and liver, both heart
and liver sections were stained for Tyrosine Hydroxylase (TH). Three consecutive transverse
heart and left lobe liver sections from each mouse were cut at 10 μm thickness and directly
mounted onto Superfrost® Plus MicroSlides (Cat. No. 48311-703, VWR, Radnor, PA, USA).
Sections were washed 3 times using 1× PBS and blocked for 1 h using 5% normal horse
serum diluted in 0.4% Triton X-100 in 1× PBS. Sections were incubated overnight at room
temperature in TH antibody (1:500, Cat. No. AB152, Millipore Sigma, Burlington, MA,
USA) diluted with 2% normal horse serum in 0.4% Triton X-100 in 1× PBS. After washing,
secondary antibody Alexa Fluor Plus 488 (1:500, Cat. No. A32814, ThermoFisher Scientific)
diluted with 2% normal horse serum in 0.4% Triton X-100 in 1× PBS was applied to the
sections for 2 h at room temperature. Sections were then incubated in DAPI (1:2000, Cat. No.
62248, ThermoFisher Scientific) and washed 3 times using 1× PBS and cover slipped for
examination under the microscope. Images were taken at 20× magnification on a Zeiss Axio
Observer 7 fluorescent microscope. Each image was acquired as a z-stack and the maximum
projection was used for quantification. For heart sections, 3 images for each region of the
LV anterior wall (LVAW), LV posterior wall (LVPW), and LV lateral wall were quantified for
TH staining using Quantitative Pathology and Bioimage Analysis software (QuPath v0.3.0,
Scotland). In brief, pixel classifiers were programmed to distinguish between positive,
negative, and background staining. Total positive and negative areas (μm2) were generated
and the ratio of the two provided a percentage of TH positive staining within each section.
For each mouse, an average TH positive staining was calculated by averaging the percent
positive of the LVAW, LVPW, and lateral wall portions for all three heart sections. The
average percent positive for the three sections was then averaged to produce the final TH
percent positive value for each mouse.

Quantification of TH staining within the liver sections was done using QuPath v0.3.0.
Three liver sections were quantified per animal. For each liver section, 3 vessels between
100 μm and 200 μm were chosen for a complete and accurate analysis. A brush tracer tool
with a standardized diameter of 26 μm was used to create an annotation around the outer
edge of the vasculature. The border region was then filled in to include the entire vessel
within the annotation. For each liver section, an average TH positive staining percentage
was calculated from the analysis of the three annotated vessels. An average TH positive
staining was calculated by averaging the percent positive for all three vessels per sections,
followed by averaging the percent positive for the three liver sections to produce the final
TH percent positive value for each mouse.

2.10. Histological Analysis of SC Injury

To examine the degree of injury caused by the impactor, spinal cords were harvested
from contused mice at 20 weeks PI. Mice were anesthetized with intraperitoneal injection
of 100 μL of Sodium pentobarbital (Fatal-Plus®) before being euthanized via perfusion
with 4% paraformaldehyde (PFA) in 1x phosphate buffer solution (PBS) (Cat. No. 14200075,
Life Technologies, Carlsbad, CA, USA). Samples were soaked in 15% and 30% sucrose
overnight prior to embedding in OCT compound (Cat. No. 625501-01, Sakura Finetek
USA, Inc., Torrance, CA, USA), followed by longitudinal sectioning at a thickness of 25 μm
using a cryostat (Leica Biosystems CM3050 S). Fixed sections of spinal cord tissue were
washed (3× with 0.4% Triton X-100 in 1x PBS), then blocked using 5% normal horse
serum (VWR 102643-676, diluted in 0.4% Triton X-100 in 1× PBS) for 1 hour. Sections
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were incubated with primary anti-glial fibrillary acidic protein (GFAP) antibody (1:500, Cat.
No. 13-0300, ThermoFisher Scientific) diluted in 0.4% Triton X-100 in 1× PBS and incubated
at 25 ◦C overnight. The sections were then washed before being incubated with Alexa
Fluor Plus 488 secondary antibody (1:1000, Cat. No. A32814, ThermoFisher Scientific) in
0.4% Triton X-100 in 1× PBS for 1 hour and DAPI (1 μg/mL, Cat. No. 62248, ThermoFisher
Scientific) for 5 min. After being washed once more, the slices were mounted, and cover
slipped (Cat. No. F6182, Sigma) before being imaged at 20× on a Zeiss Axio Observer
7 fluorescent microscope. The contour (polygonal) tool in the Zen 3.2 (Carl Zeiss AG, Jena,
Germany) software was used to trace and measure lesion and cavity size. The lesion size
was measured by tracing the glial scar border labeled with GFAP surrounding a DAPI+
inner region. Cavity size was measured by measuring the region within the spinal cord
without any visible nuclei yet surrounded by GFAP labeled glial scar. Three spinal cord
sections per animal were imaged and analyzed.

2.11. Blood Cytokines Measurements

Plasma concentrations of IFN-γ, IL-10, IL-17A/CTLA8, IL-6, TNF-α, and IL-1β
were measured using MILLIPLEX® Mouse Cytokine/Chemokine Magnetic Bead Panel
(MCYTOMAG-70K-Millipore Sigma, Burlington, MA) according to the manufacturer’s
instructions. Briefly, approximately 100 μL of blood samples were collected from the sub-
mandibular facial vein using a sterile lancet in BD Microtainer® blood collection tubes
(cat# BD 365985). Blood samples were collected before SCI surgery and immediately prior
to necropsy. Samples were centrifuged at 15,000× g for 15 min to separate the plasma.
Plasma samples were stored at −80 ◦C until the assay was conducted. Plasma samples were
diluted 2-fold in Assay Buffer provided in the kit per the manufacturer’s recommendation.
Samples, quality controls, and standards were aliquoted into the provided 96-well plate in
duplicate followed by the antibody-immobilized beads. After a 16-h incubation at 4 ◦C and
respective wash steps, detection antibodies and Streptavidin-Phycoerythrin were added.
Washing was conducted using a hand-held magnet. After the completion of the protocol,
the plate was analyzed using a Luminex® 200TM (cat# LX200-XPON3.1) multiplex analyzer
with the xPONENT 3.1 software. The data represent the average mean fluorescent intensity
values from the duplicates. The values at the chronic 5-month timepoint were divided by
the baseline values to determine the “fold change from baseline” value plotted.

2.12. Statistical Analysis

Two-way ANOVA test was followed by Tukey’s multiple comparison post hoc analysis
to assess the differences between the groups. All analyses were performed using GraphPad
Prism (Prism 9.0, GraphPad Software, San Diego, CA, USA). Differences were considered
significant at p ≤ 0.05, tendencies at p ≤ 0.10. Data are presented as means ± SEM.

3. Results

3.1. Experimental Design and Data Collection

To examine the impact of SCI severity after T8 contusion on the cardiometabolic
functions, six month old male mice (corresponding to ~25 years old in humans, when the
first peak of SCI is observed [66]) were randomly sorted into sham, moderate SCI (50 kdyn),
or severe SCI (75 kdyn) groups. There was n = 6 for sham, n = 8 for moderate SCI, and n = 9
for severe SCI at the beginning of the experiment. Mice were tested for parameters of body
weight, EchoMRI, echocardiography and liver ultrasound imaging, IPGTT, and BMS and
Rotarod scores as described in the experimental shown in Figure 1 and Table 1.
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Figure 1. Schematic diagram of the experimental design. Six-month-old male mice were used to
measure a baseline for Echo MRI, echocardiography (Echo), liver ultrasound, intraperitoneal glucose
tolerance test (IPGTT), and body weight (BW). At day 0, T8 contusion SCI was induced, and the same
measurements were performed at 4, 8-, 12-, 16-, and 20-weeks post-injury. IPGTT was performed
only at the 12 and 20-week time point. Blood plasma was collected twice monthly. For behavioral
assessments, BMS and rotarod tests were performed pre-injury and again at days 2 then week 1, 2, 3, 4,
6, 8, 10, 12, 14, 16, 18, and 20 post-injury. At week 20 post-SCI, animals were sacrificed, blood plasma
was collected, and tissues (hearts, livers, and spinal cords) were harvested for histological analyses.

Table 1. Summary of number of treatment groups; the experiments were performed up to 20 weeks
post SCI.

Number of Mice Set of Experiments

Mice Group Sham 50 kd 75 kd BMS & Rotarod
Echocardiography

& Liver Ultrasound
EchoMRI Blood Samples IPGTT

Pre SCI 6 8 9 + + + + +
W1 6 8 9 + - - - -
W2 6 8 9 + - - + -
W3 6 8 9 + - - - -
W4 6 8 9 + + + + +
W5 6 8 9 - - - - -
W6 6 8 9 - - - + -
W7 6 8 9 - - - - -
W8 6 8 8 + + + + +
W9 6 8 8 - - - - -
W10 6 8 6 - - - + -
W11 6 8 6 - - - - -
W12 6 8 6 + + + + +
W13 6 8 6 - - - - -
W14 6 8 6 - - - + -
W15 6 8 6 - - - - -
W16 6 8 6 + + + + +
W17 6 8 6 - - - - -
W18 6 8 5 - - - + -
W19 6 8 5 - - - - -
W20 6 8 5 + + + + +

+: Yes, -: No.
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3.2. Sustained Reduction of Motor Function after Chronic SCI

Motor functional recovery was assessed following SCI by BMS and Rotarod at multiple
timepoints. BMS scores are shown in Figure 2A. Sham mice were not affected by the sham
surgical procedure without contusion. For mice that received moderate SCI, the BMS
scores dropped to 1.06 ± 0.32 at day 2 after SCI and gradually recovered up to a score of
3.25 ± 0.55 at the end time point (20 weeks). For mice that received severe SCI, BMS scores
dropped near to 0.55 ± 0.43 at day 2 after SCI and gradually recovered up to a score of
2.6 ± 1.05 at the end time point. Interestingly, some differences emerged between moderate
and severe SCI mice, where severely injured mice showed a significantly decreased recovery
timeline compared to moderately injured mice. Rotarod assessment was also performed
to determine the extent of hindlimb function on mice (Figure 2B). Mice from both injuries
exhibited a significant decrease on time on the rotarod after SCI compared to sham controls.
No significant differences were observed between severe and moderate injured mice. There
was significant attrition in SCI severe group. Indeed, while all the sham and moderately
injured mice survived the 20 weeks timepoint, 45% of the severely injured mice died prior
to the study endpoint of 20 weeks (only 5/9 survived, Figure 2C).

Figure 2. Behavioral testing after SCI. BMS scores (A), Rotarod score (B). Behavioral tests performed
at baseline before injury and on days 2, 7, 14, 21, 28, and then monthly PI. (C) Percent survival during
the experiment. Repeated measures two-way ANOVA: Tukey’s multiple comparisons test was used
to determine the differences between the groups. Data presented as means ± SEM, n = 5–9 per group.
* p ≤ 0.03, ** p ≤ 0.002, *** p ≤ 0.001.

3.3. Severity-Dependent Reduction of Body Weight and Body Composition

As expected, both moderate and severe groups lost weight within the first week post
SCI (Figure 3A). While this loss stabilized in the moderate group, the weight dropped
further by week 2 in the severely injured group. Both groups slowly regained some
weight over the 20-week period, without reaching their baseline levels. Both groups were
significantly lower than the sham group. While not statistically different, the moderate
group tend to recover weight better than the severe group. Fat and lean body composition
were measured using EchoMRI. By 4 weeks PI, the percentages of body fat and body lean
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were significantly reduced in the severe group compared to the sham group (Figure 3B,C).
Similarly, the moderate group presented a significantly reduced percentage of body fat
compared to sham (Figure 3B), while the percentage of lean body mass was also reduced
without reaching statistical difference (Figure 3C).

Figure 3. Injury-severity dependent body composition changes. (A) Body weight (g), (B) percent-
age of body fat, and (C) percentage of lean body mass. Statistical analysis was performed using
repeated measures two-way ANOVA; Tukey’s multiple comparisons test was used to determine the
differences between the groups. Data presented as mean ± SEM, n = 6 (sham), 8 (moderate), and
5–9 (severe). * p ≤ 0.03, ** p ≤ 0.002, *** p ≤ 0.001 difference between sham and severe groups and
# p ≤ 0.03, ## p ≤ 0.002 difference between sham and moderate groups.

3.4. Severe SCI Induced Stronger Liver Pathology

Liver ultrasound analysis was performed prior to SCI and at 4-, 8-, 12-, 16-, and
20-weeks PI to examine the liver shape and structure (Figure 4A). By 12 weeks PI, the severe
group tended to be increased in the liver echogenicity, although not reaching statistical
levels compared to the sham and moderate injured groups (Figure 4B). Histological analysis
of the liver at 20 weeks exhibited a significant increase in fibrotic tissues in severely injured
mice and a non-significant upward increase in moderate group, compared to the sham
animals (Figure 4C,D).

3.5. Severe SCI Induced Cardiac Dysfunction

Echocardiography was performed to assess cardiac structure and function following
SCI. In the severe SCI group, LVID during systole (LVID;s) was reduced at 16 weeks PI
and reached statistical significance at 20 weeks PI (Figure 5A). No significant reduction
in LVID during diastole (LVID;d) was observed (Figure 5B). The reduction of LVID;s was
associated with the reduction in LV volume (Figure 5C) and no significant difference in
LV volume was observed in LVID;d (Figure 5D). Interestingly, both ejection fractioning
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(EF) and fractional shortening (FS) trended upward at 16 weeks and significantly increased
at 20 weeks PI in the severely injured group compared to the sham and moderate group
(Figure 5E,F, respectively). Masson’s trichrome staining of the left ventricular sections
showed significant change in collagen accumulation in severe SCI and an upward trend in
the moderate group compared to their sham controls (Figure 6A,B). While there were no
significant differences in other cardiac parameters such as LV mass, SV, CO, HR, and LVPW
and LVAW thickness using echocardiography scanning (Table 2), histological analysis of the
LVPW and LVAW thicknesses revealed a significant increase in LVPW and LVAW thickness
compared to moderate and sham groups, respectively (Figure 6C).

Figure 4. Injury-severity dependent reduction in liver function. SCI induced liver intensity and
fibrosis. (A) Representative images of liver show echogenicity of the liver parenchyma increased in
the severe group compared to sham group using ultrasound imaging at 20 weeks PI of sham and
severe SCI. Red circles located on the liver images represent areas of interest that were quantified.
(B) Severe SCI increased liver intensity after 12 weeks PI compared to sham group. Kidney tissue
was used as the internal control with data represented as a ratio of hepatic/renal percent change
from baseline measurements. (C) Representative liver sections stained with Masson’s trichrome of
sham, moderate-SCI, and severe-SCI at 20 weeks PI. (D) Quantification of collagen contents (blue)
in the liver. SCI significantly increased fibrotic tissue in severe injured group and there is a trend
towards an increase in the moderate group compared to the sham control. Scale bar = 100μm. Values
presented as mean ± S.E.M of 3–4 sections/mouse; n = 6 (sham), 8 (moderate), and 5–9 (severe).
Data analyzed by two-way ANOVA. Tukey’s multiple comparisons test was used to determine the
differences between the groups; one-way ANOVA for D. * p ≤ 0.03, ** p ≤ 0.002, *** p ≤ 0.001.
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Figure 5. Injury-severity dependent development of cardiac dysfunction. Echocardiography as-
sessment. (A) Left ventricular internal diameter during systole (LVID;s) and (B) during diastole
(LVID;d). (C) LV volume during systole and (D) LV volume during diastole. (E) Ejection fraction (EF)
and (F) fractional shortening (FS). n = 6 (sham), 8 (moderate), and 5–9 (severe). Data analyzed by
two-way ANOVA. Tukey’s multiple comparisons test was used to determine the differences between
the groups. Data presented as mean ± SEM, * p ≤ 0.03, ** p ≤ 0.002, *** p ≤ 0.001.

3.6. No Changes in Glucose or Lipids Metabolism after Chronic SCI in Mice

Using IPGTT, we did not observe any significant changes in glucose metabolism up to
20 weeks PI. This is consistent with previous reports which state that SCI induces slight
change in serum glucose at 23 days PI [67]. IPGTTs were performed prior to injury, then
at 14- and 20-weeks PI. Results showed that the glucose concentrations and area under
the curve (AUC) were similar between the groups pre-injury (Figure 7A). No significant
differences were observed in glucose concentration and AUC at 14- and 20-weeks PI
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between any of the groups (Figure 7B,C). Fasting glucose concentrations were also similar
between all groups up to 20 weeks PI (Figure 7D).

Table 2. Parameters of echocardiography results of sham, moderate, and severe SCI at different

time points. Data are means ± S.E.M; n = 5–9 per group. Parameters of cardiac structure and
function in mice before SCI and at 4-, 8-, 12-, 16-, and 20-weeks post-SCI of sham, moderate (50-kdyn),
and severe (75-kdyn) mice. HR, heart rate; SV, stroke volume; CO, cardiac output; LV Mass, left
ventricular mass; LVAW;s, LV anterior wall thickness at the end of systole; LVAW;d, LV anterior wall
thickness at the end of diastole; LVPW;s, LV posterior wall thickness at the end of systole; LVPW;d,
LV posterior wall thickness at the end of diastole; LVID;d, LV anterior diameter at the end of diastole.

Parameters Surgery
HR

(BPM)
SV

(μL)
CO

(mL/min)

LV Mass
(mg)

LVAW;s
(mm)

LVAW;d
(mm)

LVPW;s
(mm)

LVPW;d
(mm)

Time

Baseline

Sham 494 ± 31.8 38.6 ± 3.1 18.8 ± 1.2 128 ± 13.2 1.5 ± 0.1 1.0 ± 0.1 1.4 ± 0.1 1.1 ± 0.1
Moderate 449 ± 14.7 35.5 ± 2.8 15.8 ± 1.1 134 ± 16.6 1.4 ± 0.1 0.9 ± 0.5 1.7 ± 0.1 1.3 ± 0.2

Severe 447 ± 15.2 38.1 ± 3.2 17.1 ± 1.6 117 ± 4.8 1.3 ± 0.0 0.94 ± 0.0 1.4 ± 0.1 1.0 ± 0.1
Sham 493 ± 21.8 35 ± 3.2 17.1 ± 1.3 119.4. ± 5.5 1.3 ± 0.1 0.94 ± 0.0 1.46 ± 0.1 1.1 ± 0.1

Moderate 482 ± 12.5 32 ± 3.3 15.5 ± 1.7 121 ± 10.2 1.4 ± 0.1 0.97 ± 0.0 1.6 ± 0.1 1.2 ± 0.14weeks
Severe 497 ± 12.4 32.9 ± 2.1 16.4 ± 1.3 134 ± 17.8 1.45 ± 0.1 1.1 ± 0.1 1.56 ± 0.1 1.1 ± 0.1

8 weeks

Sham 451 ± 21.1 40.2 ± 2.8 17.9 ± 0.7 103.3 ± 5.9 1.25 ± 0.1 0.9 ± 0.01 1.1 ± 0.0 0.8 ± 0.0
Moderate 478 ± 20.1 37.7 ± 1.1 17.9 ± 0.6 119.2 ± 12.1 1.5 ± 0.1 1.0 ± 0.1 1.3 ± 0.1 0.87 ± 0.1

Severe 472 ± 16.2 35.8 ± 3.2 16.9 ± 1.7 113.3 ± 18.8 1.4 ± 0.1 0.9 ± 0.0 1.4 ± 0.1 0.98 ± 0.1
Sham 498 ± 16.3 36 ± 3.9 17.8 ± 1.8 143 ± 16.6 1.4 ± 0.1 1.0 ± 0.1 1.5 ± 0.1 1.16 ± 0.2

Moderate 492 ± 17.7 36.7 ± 1.5 18 ± 1.0 110.4 ± 7.5 1.3 ± 0.5 0.9 ± 0.0 1.2 ± 0.1 0.89 ± 0.112 weeks
Severe 519 ± 15.7 37..5 ± 0.5 19.4 ± 0.5 110.6 ± 7.6 1.3 ± 0.1 0.9 ± 0.0 1.25 ± 0.1 0.89 ± 0.1

16 weeks

Sham 501 ± 24.7 35.9 ± 4.5 17.9 ± 2.3 118.7 ± 9.1 1.3 ± 0.1 0.9 ± 0.0 1.5 ± 0.1 1.1 ± 0.1
Moderate 476 ± 17.5 35.6 ± 2.0 16.9 ± 1.1 116.2 ± 7.8 1.4 ± 0.1 1.0 ± 0.1 1.3 ± 0.0 0.96 ± 0.0

Severe 503 ± 3.5 36.5 ± 2.6 18.4 ± 1.3 131.6 ± 20.4 1.4 ± 0.1 0.96 ± 0.0 1.8 ± 0.2 1.2 ± 0.2
Sham 449 ± 10 37.8 ± 1.7 17 ± 0.8 142.4 ± 22.2 1.5 ± 0.0 1.1 ± 0.1 1.4 ± 0.1 1.1 ± 0.2

Moderate 480 ± 6.7 37.9 ± 3.3 18.1 ± 1.4 119.3 ± 6.9 1.5 ± 0.1 1.0 ± 0.0 1.4 ± 0.1 1.0 ± 0.120 weeks
Severe 477 ± 17.5 42.6 ± 5.8 20 ± 2.4 119.6 ± 5.9 1.5 ± 0.1 1.0 ± 0.0 1.5 ± 0.1 1.0 ± 0.1

Figure 6. Injury-severity dependent increase in cardiac remodeling. (A) Representative 40× sec-
tions of Masson’s trichrome of sham, moderate-SCI, and severe-SCI after 20 weeks PI. (B) Quantification
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of collagen contents (blue) in the LV tissue. SCI significantly increased fibrotic tissue in the severe
injured group and there is a trend to increase in the moderate group compared to the sham con-
trol. (C). LVPW and LVAW thickness. Scale bar = 100 μm. Values presented as mean ± S.E.M
of 3–4 sections/mouse; n = 6 (sham), 8 (moderate), and 5–9 (severe). Data analyzed by ANOVA.
* p < 0.05 and # p < 0.1.

Figure 7. No changes in glucose metabolism after SCI regardless of the injury severity. IPGTT
was performed pre-injury (A), at 12 weeks (B), and at 20 weeks PI (C). (D) Fasting blood glucose
concentrations at different time points. No differences are observed for any of these measures. Plasma
insulin, cholesterol, and triglyceride levels (E) were tested at 18 weeks PI. Liver triglyceride content
(F) was assessed after euthanasia at 20 weeks PI. Values presented as mean ± S.E.M. N = 6 (sham),
8 (moderate), and 5–9 (severe). Data analyzed by two-way ANOVA or one-way ANOVA (D–F).
* p < 0.05.
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Complementary to the lack of a significant difference in glucose metabolism, no signif-
icant changes in plasma insulin levels between the sham, moderate, or severe SCI models
were found at 18 weeks PI (Figure 7E). The 18 weeks PI results show that there was also no
significant difference in plasma cholesterol concentrations (Figure 7E). Although there was
no statistically significant change in triglyceride levels both in the plasma (Figure 7E) and
the liver (Figure 7F), there was a trend of decrease in the severely injured model (p = 0.13
between moderate and severe SCI for plasma TG levels). A decrease in triglyceride lev-
els coincided with our EchoMRI findings showing a much lower compositional fat % in
severely injured mice. Of note, no difference in temperature was observed at 20 weeks in
between the groups (not shown).

3.7. Severe SCI Induced Changes in SC Injury

The lesion and cavity size at the spinal cord injury sites were analyzed to compare
the size of the injury following different severities (Figure 8A,B). There is an upward trend
in the lesion size p = 0.06 (Figure 8C) and cavity size p = 0.2 (Figure 8D) and a significant
increase in total injury size p = 0.02 with increasing severity. The severe group is 40% more
likely to have a cavity at the injury site relative to the moderate group. There is a significant
negative correlation between total injury size and BMS score p = 0.04 (Figure 8E) and a non-
significant negative correlation between total injury size and Rotarod performance p = 0.06
(Figure 8F). Interestingly, we observed a trend for a positive correlation between total injury
size and LVAW;s, not reaching statistical difference p = 0.09 (Figure 8G), but suggesting that
mice with the most severe injuries might develop more cardiac dysfunctions.

Figure 8. Lesion size and relation to behavior and changes in cardiovascular measures. Sample
image of spinal cord (severe group) stained with GFAP (green) and DAPI (blue) showing (A) a lesion
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(white arrow) and (B) a cavity (white asterisk) site. (C) The average lesion, cavity, and total injury
size at 5 months post SCI. (D) The percent of mice with cavities at the site of injury. Linear trends of
the (E) BMS score at 20 weeks PI, (F) rotarod performance (time on the rod in seconds) at 20 weeks
PI, and (G) percent change in LVAW;s in relation to the total injury size of moderate and severe
groups. Student’s T-test comparing the means of 2 groups. Linear regression analysis to determine
correlation between variables. Data presented as means ± SEM, n = 8 (moderate), and 5 (severe).
Linear regression trend line ± 95% confidence interval. Scale bar = 500 μm. * p < 0.05.

3.8. SCI and Plasma Cytokines

To assess the effects of chronic SCI on cytokine expression, the relative plasma concen-
trations of IFN-γ, IL-10, IL-6, TNF-α, and IL-1β were measured. We observed an increase in
IL-1β concentration in the severe SCI group p = 0.05 (Figure 9C). No significant differences
were observed between any cohort for the other cytokines, although there was a trend
for a decrease in IL-10 (Figure 9B) and an increase in IL-6 (Figure 9A) in the severely
injured mice.

Figure 9. Injury-severity dependent increase in pro-inflammatory molecule. Plasma cytokines of
(A) IL-6, (B) IL-10, (C) IL-1β, (D) TNF-α, and (E) IFN-γ at 5 months post injury were quantified using
MILLIPLEX assay. Values presented as mean ± S.E.M. n = 6 (sham), 8 (moderate), and 5 (severe).
Data analyzed by one-way ANOVA. * p < 0.05.

3.9. SCI, Heart, and Liver Innervation

To assess how SCI could potentially change innervation of both the heart and the liver,
the percent of tyrosine hydrolase (TH) stain was measured in each tissue (Figure 10A,C).
Between the sham and severe injury models for the heart, no significant difference in posi-
tive TH percentage was found (Figure 10B). Likewise, there was no significant difference in
positive TH percentage in the liver (Figure 10D).

Figure 10. TH staining in the LV and liver. Heart (LVAW, A) and liver (C) 10 μm sections stained
for tyrosine hydroxylase (TH) (green) and DAPI (blue) in both sham and sever SCI models. Heart
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sections from both sham and severe SCI were analyzed for % area of positive TH stain (B). No
significant differences in % positive was seen. Liver sections from both sham and severe SCI were
also analyzed for % area of positive TH stain (D). Again, no significant differences in % positive was
seen. Values presented as mean ± S.E.M. n = 6 (sham) and 5 (severe). Data analyzed by Student’s
T-test comparing the means of 2 groups. * p < 0.05. Scale bars = 100 μm.

4. Discussion

The main findings of this study are that chronic SCI at T8 level: (1) increases the liver
echogenicity, which is associated with increased liver fibrosis; (2) reduces the LVID and
increases the FS that are found to be associated with increased cardiac fibrosis and LV
thickness indicating severe hypertrophy; (3) induces the sustained loss of motor functions;
and (4) leads to the reduction in body weight, lean and fat percentage. Importantly,
these perturbations in cardiometabolic functions vary significantly depending upon the
severity of the injury and play a key role in determining the long-term health outcome
following SCI.

4.1. SCI Severity and Hepatic Dysfunctions

The liver plays an essential role in metabolic function and SCI is associated with liver
abnormalities in humans and rodents [37,39]. We observed a non-significant increase in
liver echogenicity at 12 and 20 weeks after severe injury. Several factors may lead to changes
in liver echogenicity including liver steatosis [68]. Changes in the hepatic echogenicity may
be induced by the infiltration of pro-inflammatory cytokines and chemokines in the liver
due to the trauma [40]. Interestingly, these changes in echogenicity were associated with an
increase in fibrotic tissues in relation to the injury severity. In humans, ultrasound imaging
is not routinely performed to assess liver dysfunction in people with chronic SCI [37]. Our
data suggest that changes in echogenicity obtained from ultrasound imaging after chronic
SCI, even if not significant, are correlated with significant increase in histological fibrotic
changes of the liver. Therefore, because of the risks associated with a liver biopsy to assess
for hepatic diseases, noninvasive examination of liver echogenicity following SCI may be
of high interest to monitor the development of hepatic dysfunction in humans. This could
be performed in addition to testing for serum markers such as alanine aminotransferase
and aspartate transaminase (AST) [67].

Several studies have reported that SCI patients developed metabolic dysfunctions
such as insulin resistance and impaired glucose tolerance [20,21,69,70]. Using IPGTT to
assess glucose tolerance, our results revealed no differences between the groups at any time
points up to 20 weeks after SCI. These results are consistent with a prior study reporting
that glucose intolerance was not observed in SCI male mice at 56 or 84 days after T10 SCI
transection [71]. However, the same study described an elevated fasting blood glucose in
these mice. Another group reported that moderate T8 contusion in female rats led to no
significant change in glucose levels at 23-days post SCI [67]. Importantly, female rats with a
complete T3 transection showed a significant enhancement in glucose handling at 16 weeks
post SCI, with lower serum insulin concentrations [72]. Our data do not show a change in
insulin level at 18 weeks post SCI. However, these measurements of insulin levels were not
performed on fasted animals. Future work is needed to better characterize the complex
insulin/glucose relationship in mice models of SCI. Altogether, this suggests that the injury
severity (contusion vs. transection), the level of the injury (high or low thoracic), and the
timing post-SCI are important factors impacting metabolic functions [69]. Indeed, both the
hepatic infiltration of fatty acids and/or inflammation following SCI and the disruption of
the hepatic nervous system may impact hepatic functions. Our data suggest that severe T8
contusion does not alter hepatic TH innervation. However, it is of high interest to better
understand how the level and severity of the injury may play a key role in directly or
indirectly modulating the hepatic nervous system and the hepatic functions.
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4.2. SCI Severity and Cardiac Functions

The development of cardiovascular dysfunction following SCI is one of the leading
causes of death among SCI patients [73]. Cardiovascular dysfunction after SCI is dependent
on the level and the degree of the injury [74]. Disruption of the cardiovascular nervous
control by SCI leads to autonomic dysreflexia especially if the injury level is at T6 or
above [46]. However, a T8 contusion model does not disrupt the cardiovascular sympathetic
control, suggesting that the cardiac changes we have observed are due to other factors.
Our data suggest no significant changes in TH innervation in the LV after chronic SCI.
One could speculate that the reduction in survival observed in severe SCI (only 55% at
5-month post SCI) is the result of these cardiovascular complications. We could not confirm
this hypothesis as we were not able collect the tissue from the animals found dead. Our
results indicated that, during systole, both the LVID;s and volume were reduced in severe
SCI at 16 weeks, and significantly at 20 weeks PI. This was correlated histologically with
the increase in the left ventricle thickness. It is known that SCI individuals have smaller
LV volumes and mass [75]. In rat models of SCI, West et al. reported a reduction in
LV dimensions at 6 weeks post T3 SCI [76] and cardiac atrophy, reduced myocardium
contractility, and increased fibrosis [77].

Our data showed an increase in the ejection fraction (EF) at 20 weeks PI in the severely
injured group compared to the sham and moderate group. In humans, an EF >75% is a sign
of hypertrophy cardiomyopathy. However, previous studies reported no differences in EF
between SCI and able-bodied individuals despite LV volumes reduction [75]. In our data,
EF is 58.1% in sham, 62.3% in moderate, and 70.4% in severe SCI. These severely injured
mice also developed LV thickness and hypertrophy shown by histological analysis. While
echocardiography scanning showed no significant differences in other cardiac parameters
such as LV mass, SV, CO, HR, and LVPW, and LVAW thickness (Table 2), histological
analysis revealed a significant change in LVPW, and LVAW thickness induced by severe
SCI. Squair et al. observed a reduction in LVID;s, LVID;d, Volume;s and Volume;d [51].
They also reported a non-significant increase in EF in T3 severe contusion model in rat.
However, we must acknowledge the limitation of this type of echo measurements and
that short axis view analyses can infer volumetric measurements, and impact the EF
calculated [78]. EF is calculated using the LV chamber volume during end systole (Volume;s)
and end diastole (Volume;d) with this equation [EF = (Volume;d–Volume;s)/ Volume;d
× 100]. Our hypothesis is that because of the LV hypertrophy in the severe SCI group,
as measured by histology, the left ventricle contains a smaller amount of blood (reduced
Volume;d). In this situation, with a Volume;s not decreasing proportionally, an increase in
EF would be measured (as in our data). Because of this and the increase in perivascular
fibrosis in the heart, we believe the severe SCI group present cardiac dysfunctions. Future
experiments using blood pressure measurement, telemetric devices, or echocardiography
using doppler analysis and B-mode/long-axis measurement will allow for the confirmation
of these observations.

Another critical aspect of cardiac remodeling is the increase in collagen, often syn-
onymous with fibrosis, in the LV tissue of both SCI groups, with more accumulation in
the severity SCI. Outside of a SCI, myocardial fibrosis can be triggered by several factors
including mechanical forces, inflammation [79], neurohormonal such as aldosterone [80,81],
and others reviewed extensively here [82,83]. LV fibrosis can impair cardiac contractil-
ity function, reduce LV chamber size, lead to hypertrophic cardiomyopathy [84,85], LV
dysfunction and heart failure [86]. One can speculate that even in moderate SCI, mice
may develop hypertrophic cardiomyopathy at later chronic timepoints. The molecular
mechanisms underlining these cardiac changes are not well understood. However, chronic
inflammation is associated with metabolic syndrome phenotypes, which are causes of
cardiovascular diseases. Therefore, sustained inflammatory cytokine activity after SCI may
be a trigger for cardiac tissue damage and dysfunction. The direct impact of inflammation
on cardiac alterations remains to be determined. Reduction of the systemic inflammation
could be a potential target to reduce cardiac complications associated with chronic SCI.
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LV thickening may be caused by several mechanisms, including increase in hyper-
tension, diabetes, and aortic valve stenosis. We could not measure the potential changes
in blood pressure over time and we did not observe changes in glucose levels. However,
we observed significant increase in fibrosis in liver and LV. Therefore, it is possible that
fibrosis occurs in other parts of heart, including on the aortic valve, leading to stenosis at
chronic time points, and LV hypertrophy. Another possibility is the direct role of systemic
inflammation on cardiac functions. Indeed, chronic low-grade inflammation leads to car-
diomyopathies, including cardiomyocytes hypertrophy and dysfunctions [87–89]. Future
work is necessary to understand the mechanism of LV thickening in this chronic T8 severe
contusion model in mice, including the changes in cardiomyocytes size and numbers [51].

While we do not observe differences in TH staining in the heart and liver, we have
to acknowledge that the T8 contusion model used here can impact innervation in other
organs [45,46]. Therefore, any change in blood regulation in these organs induced by the
dysregulation of the nervous system may overtime directly impact heart functions and
induce hypertrophy and fibrosis through change in blood pressure. Additionally, more
work is needed to understand how mid-thoracic SCI could precisely alter heart functions,
despite the non-significant change in TH. Indeed, neural remodeling in the autonomic
nervous system, and the balance between the sympathetic and parasympathetic systems,
may be altered and induce further changes in cardiac functions and regulation. Interestingly,
the autonomic nervous system is involved in detecting and modulating inflammation [90].
Therefore, change in the sympathetic tone can not only modulate heart function but also
directly alter inflammation. Whether inflammation alters the sympathetic first after SCI of
the reversed needs to be determined.

4.3. SCI Severity and Body Composition

Due to the severe trauma induced by SCI which increases the metabolic demand,
significant changes in the body weight and body fat may occur [70]. In humans, reports
have indicated that people with SCI exhibit a significant increase in body mass index
(BMI) [91]. These changes may increase the body fat and reduce lean mass [7,24,92]. Our
results showed a reduction in body weight and body fat and lean percentage in both SCI
severity models, compared to the sham control group. Severely injured mice lost more
body fat and lean mass than moderately injured mice. This prolonged reduction in body
weight including fat mass was also reported in rats after 16 weeks of T3 SCI [72]. In this
study, the authors related this reduction to possible permanent changes in gastrointestinal
transit and absorption and not due to hypophagia. Interestingly, thoracic SCI at level T10
in rats maintained on a low-fat diet did not gain weight compared to SCI rats maintained
on high fat diet after 12 weeks post injury, indicating that diet also plays an important
role in changes in body composition [93]. Our results showed a reduction in fat and lean
percentages compared to sham. This reduction in fat is correlated with the overall reduction
in the level of triglycerides in the liver and plasma levels in severe SCI, although it is not
significant. Previous work reported some pathological changes to lipid species early on
following injury [39,94]. However, our data suggest that when examined 5 months after
SCI, the lipid levels appear to be normal with a moderate SCI, and slightly reduced after
a severe SCI. Potential increases or decreases within the lipid profile of SCI patients have
been shown to be dependent upon numerous factors such as the level and severity of injury,
age/sex, and time after injury [38,95,96]. Damage to the liver, notably fibrosis, does remain
at this chronic timepoint, suggesting that the liver may be more prone to inflammation
or differential response after high fat diet feeding. The lack of fat gain in rodent and the
reduction in lipid (hepatic and circulating) is intriguing. Different types of diet, lower food
intake, and changes in metabolism may explain the slower fat accumulation following SCI
in mice. In this study, we did not monitor dietary intake, which would be recommended
for future work. It will also be interesting to challenge this new metabolic state by shocking
the system via a large uptake in fat. It would be interesting to see if the mice gain weight
(and fat) at all at more chronic time points as aged mice do.
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4.4. SCI Severity, Motor Function, and Injury Size

Regarding behavioral assessments, BMS testing indicated that, for both SCI severity
models, mice did not fully recover their locomotor function at 20 weeks after SCI. Moderate
SCI mice recovered better than severely injured mice. Functional recovery in mice is
severity-dependent and is not complete in a moderate or severe contusion model of SCI,
with animals reaching the maximum of the recovery several weeks after injury. Four
months old mice injured at T8-10 (75 kdyn) contusion did not recover fully after 6 weeks
post injury [97,98]. Our results assessed recovery at chronic time point (up to 5 months
post-SCI) and demonstrate that functional recovery is severity dependent and that injured
mice do not further recover over a long period of time.

Our results showed a significant increase in the spinal cord lesion size with the
model of injury severity. It has been previously shown that there is a positive relationship
between lesion severity and functional outcomes where increase in lesion size may lead
to decreased outcomes [99]. Interestingly, liver dysfunction and inflammation at the time
of SCI increases the spinal cord lesion size and worsens motor recovery [67]. The changes
induced by SCI are affecting several organs and are severity dependent. This is apparent in
individuals living with SCI because they are more prone to infections and cardiometabolic
disorder [100]. Chronic exposure to increased levels of circulating inflammatory cytokines
lead to liver dysfunction and metabolic disease [94]. We observed a significant increase
in IL-1β and a trend for upregulation of IL-6 plasma concentrations in the severe group
compared to the sham groups. Previous finding showed that IL-1β gene expression was
upregulated in the hepatic tissue for at least 21 days post-injury [39]. Furthermore, IL-6 has
been implicated in regulations of metabolic function induction of the hepatic acute phase
proteins [101]. Hepatic IL-6 expression is increased in animal models of nonalcoholic fatty
liver disease (NAFLD), which results in insulin resistance in mice [102]. Considering the
role of the liver as a key organ in regulating metabolism, modulating the inflammatory
response may reduce liver dysfunction, which in turn may reduce the onset of the severity
of cardiometabolic dysfunctions.

5. Conclusions

In conclusion, our data suggest that mice with thoracic T8 injury develop numerous
hepatic and cardiometabolic alterations over time. Further work will determine if changes
in innervation in several organs after SCI, including inflammatory organs such as the
spleen and the gastro-intestinal tract, can directly or indirectly influence these health issues.
Importantly, it will be of high interest to determine if targeting inflammation will reduce
these metabolic outcomes, as well as reduce the morbidity and mortality of people living
with SCI.
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Simple Summary: High spinal cord injuries (SCIs) are known to lead to permanent diaphragmatic
paralysis, and to induce deleterious post-traumatic inflammatory processes following cervical spinal
cord injury. We used a noninvasive therapeutic tool (repetitive transcranial magnetic stimulation
(rTMS)), to harness plasticity in spared descending respiratory circuit and reduce the inflammatory
processes. Briefly, the results obtained in this present study suggest that chronic high-frequency rTMS
can ameliorate respiratory dysfunction and elicit neuronal plasticity with a reduction in deleterious
post-traumatic inflammatory processes in the cervical spinal cord post-SCI. Thus, this therapeutic
tool could be adopted and/or combined with other therapeutic interventions in order to further
enhance beneficial outcomes.

Abstract: High spinal cord injuries (SCIs) lead to permanent diaphragmatic paralysis. The search for
therapeutics to induce functional motor recovery is essential. One promising noninvasive therapeutic
tool that could harness plasticity in a spared descending respiratory circuit is repetitive transcranial
magnetic stimulation (rTMS). Here, we tested the effect of chronic high-frequency (10 Hz) rTMS
above the cortical areas in C2 hemisected rats when applied for 7 days, 1 month, or 2 months.
An increase in intact hemidiaphragm electromyogram (EMG) activity and excitability (diaphragm
motor evoked potentials) was observed after 1 month of rTMS application. Interestingly, despite
no real functional effects of rTMS treatment on the injured hemidiaphragm activity during eupnea,
2 months of rTMS treatment strengthened the existing crossed phrenic pathways, allowing the
injured hemidiaphragm to increase its activity during the respiratory challenge (i.e., asphyxia). This
effect could be explained by a strengthening of respiratory descending fibers in the ventrolateral
funiculi (an increase in GAP-43 positive fibers), sustained by a reduction in inflammation in the
C1–C3 spinal cord (reduction in CD68 and Iba1 labeling), and acceleration of intracellular plasticity
processes in phrenic motoneurons after chronic rTMS treatment. These results suggest that chronic
high-frequency rTMS can ameliorate respiratory dysfunction and elicit neuronal plasticity with a
reduction in deleterious post-traumatic inflammatory processes in the cervical spinal cord post-SCI.
Thus, this therapeutic tool could be adopted and/or combined with other therapeutic interventions
in order to further enhance beneficial outcomes.
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1. Introduction

High spinal cord injuries (SCIs) induce long-lasting neuromotor deficits, such as
respiratory insufficiency [1]. Patients living with such injuries often rely on ventilatory
assistance to survive, although some can be weaned off with time, exemplifying sponta-
neous plasticity. The rodent C2 hemisection (C2HS) model is one of the most common
preclinical models to study respiratory system neuroplasticity and neuroinflammation. A
C2HS disrupts descending input to ipsilateral phrenic motoneurons that innervate the
diaphragm, the main inspiratory muscle, thus resulting in diaphragm hemiplegia [2–10].
The contralateral side remains intact, allowing the animal to survive.

Limited spontaneous recovery of the injured hemidiaphragm activity is observed
in this model of SCI, characterized by a partial reactivation of phrenic motor networks
and diaphragm activities. This reactivation is sustained by normally silent respiratory
pathways crossing the spinal midline at the C3–C6 spinal cord levels, called the crossed
phrenic phenomenon (CPP) [11–14]. However, this marginal spontaneous plasticity is too
weak to contribute to significant ventilatory recovery following C2HS [15]. Strengthening
the CPP and providing new intraspinal connections to the denervated motoneurons is a po-
tential target for developing novel therapeutic tools in order to further improve respiratory
function following high SCI.

A noninvasive approach to stimulate neural activity is transcranial magnetic stimula-
tion (TMS), which involves applying a high output magnetic field above the neuronal areas.
In fact, TMS applied as a single pulse or in a repetitive way (rTMS) is a noninvasive and pain-
less method already used in the clinic to diagnose and treat many disorders [16–20], as well
as a potential therapeutic tool in preclinical models of cognitive impairment [21,22]. This
technique operates through its neuromodulatory effects on neuronal circuitry [23,24]. The
potential of rTMS to improve outcomes following incomplete SCI has gained recognition
in the past few years but has mainly been applied to enhance locomotor recovery [25–27]
and sensorimotor restoration [27–29] in preclinical models of SCI.

We recently demonstrated that a single train of TMS delivered above the animals’
motor threshold can induce a long-lasting increase in phrenic system excitability, as mea-
sured with diaphragm motor evoked potentials (MEPdia) [30]. While this study was
focused on determining stimulation parameters in naïve, anesthetized rats, it demon-
strated that MEPdia can be used as a reliable and reproducible technique for assessing
phrenic system excitability during TMS [31–34]. While there is interest in the therapeutic
potential of rTMS following SCI among researchers, little is known about the cellular and
molecular mechanisms that sustain the neuromodulatory effects of acute or chronic rTMS.
A few in vivo and in vitro studies have been conducted to elucidate potential cellular
mechanisms [35–38], including excitatory neurotransmission via N-methyl-D-aspartic acid
(NMDA) and α-amino-3-hydroxy-5-méthylisoxazol-4-propionate (AMPA) (GluR1 subunit)
receptor pathways [37,39,40], and inhibitory neurotransmission via γ-aminobutyric acid
(GABA) system [41,42]. For example, rTMS protocols can modulate the expression of
neuronal activity markers such as c-fos. Low-frequency repetitive magnetic stimulation
(rMS) has been shown to increase nuclear, neuronal c-fos expression in rat organotypic
cortex brain slices [43], whereas rTMS theta-burst stimulation resulted in decreased neu-
ronal c-fos expression [38]. In addition, repetitive magnetic stimulation (rMS) protocol
on SH-SY5Y neuroblastoma cells induced an increase in cAMP and phospho-CREB ex-
pression [44]. In vivo, protocols using high-frequency repetitive trans-spinal magnetic
stimulation (rTSMS) also resulted in reduced expression of markers for apoptosis and
neuronal death, while the expression of markers of axonal growth and neuronal prolif-
eration were upregulated. These results were accompanied by reduced axonal demyeli-
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nation [45]. A deeper understanding of rTMS-regulated molecular signaling pathways
following SCI could, therefore, help to harness the potential beneficial effects of rTMS as a
therapeutic intervention.

The putative effects of rTMS on neuroinflammation are also of great interest. A
few studies have used rMS on glial cells, but its effects are diverse and depend on the
stimulation parameters used and the model studied [46]. Chronic low-frequency rTMS
used on naive rats did not induce observable changes in astrocyte and microglial density,
supporting the safety of this protocol regarding glial cell homeostasis in the normal/control
condition [47]. However, conflicting results have been observed in in vivo studies. For
instance, chronic high-frequency rTMS increased astrocytic and microglial density in a
preclinical model of ischemia in gerbils (hippocampus) [48], whereas a decrease in cellular
density in a preclinical model of T9 dorsal SCI (compression) [49]. In addition, some
studies also showed a beneficial neuroinflammatory effect, observed through the decreased
release of TNFα (proinflammatory cytokine) in substantia nigra in a model of Parkinson’s
disease [50,51].

To our knowledge, there have been no studies investigating the potential therapeutic
effects of high-frequency rTMS on impaired respiratory function following cervical SCI,
specifically at the phrenic circuit level. The present study aimed to test the hypothesis
that chronic 10 Hz rTMS can improve respiratory function after SCI. Here, we test this
hypothesis using cellular, molecular, and electrophysiological outcome measures to assess
the potential therapeutic benefits of rTMS in a preclinical model of C2HS in adult, Sprague
Dawley rats.

2. Materials and Methods

2.1. Ethics Statement

Adult Sprague Dawley male rats (Janvier, France; n = 41, 350–450 g) were used for this
study. Experiments were approved by the Ethics Committee of the University of Versailles
Saint-Quentin-en-Yvelines and complied with the French and European laws (EU Directive
2010/63/EU) regarding animal experimentation (Apafis #2017111516297308_v3).

Animals were dually housed in ventilated cages in a state-of-the-art animal care facility
(2CARE animal facility, accreditation A78-322-3, France) on a 12 h light–dark cycle, with
access to food and water ad libitum.

2.2. Chronic C2 Hemisection

2.2.1. Intrapleural CTB Injection and Surgery

Prior to anesthesia, animals were premedicated subcutaneously with buprenorphine
(Buprécare, 0.03 mg/kg), trimethoprim, and sulfadoxine (Borgal 24%, 30 mg/kg), medeto-
midine (Médétor, 0.1 mg/kg) and carprofen (Rimadyl, 5 mg/kg). 10 min after the injections,
animals were anesthetized with isoflurane (5% in 100% O2) in a closed chamber. Rats were
then intubated and ventilated with a rodent ventilator (model 683; Harvard Apparatus,
South Natick, MA, USA), and anesthesia was maintained throughout the surgical pro-
cedure with isoflurane (2.5% in 100% O2). For phrenic motoneuron retrograde labeling,
intrapleural injections of cholera toxin B fragment were performed bilaterally in all animals
(15 μL/side) using a custom needle (6 mm, 23 gauge, semi-blunt to avoid puncturing of the
lung) and a 50 μL Hamilton syringe as described previously [52]. After skin and muscles
were retracted, laminectomy and durotomy were performed at the C2 level. The spinal
cord was then sectioned unilaterally (left side) with microscissors. To ensure the section of
potentially remaining fibers, a microscalpel was used immediately after microscissors, as
described previously [7].

2.2.2. Brainstem Neuronal Retrograde Labeling with Hydroxystilbamidine

For respiratory brainstem neuronal retrograde labeling, a sterilized piece of cotton
was impregnated with 2 μL of 7% hydroxystilbamidine (Fluorogold) and left into the injury
site for 20 min. Then, the lesion site was flushed with sterilized saline, and muscles and
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skin were then sutured closed. To reverse medetomidine-induced anesthesia, atipamezole
(Revertor, 0.5 mg/kg) was intramuscularly injected. Isoflurane anesthesia was then turned
off, and the endotracheal tube was removed when animals showed signs of wakefulness.
All animals were kept 7 days postsurgery in their cage to recover before rTMS or Sham
rTMS protocol was applied.

2.3. Repetitive TMS (rTMS) Protocol

rTMS protocol was performed using the magnetic stimulator MAGPRO R30 (Magven-
ture, Farum, Denmark) connected to a figure-of-eight coil (Cool-B65), delivering a unique
biphasic pulse with the intensity of the stimulus expressed as a percentage of a maximum
output of the stimulator (% MO). The protocol (9 trains of 100 biphasic pulses, separated
by 30 s intervals between trains delivered at 50% MO, 900 stimulations per protocol) was
applied in awake restrained animals at −6 mm caudal to Bregma. This protocol induced
a long-lasting increase in phrenic excitability in anesthetized, intact rats [30]. Control
animals received a Sham rTMS protocol (e.g., no stimulation but the same time spent in
the custom-designed restraining device, Figure 1). This rTMS protocol was applied 7 days
postinjury for either 7 days (once a day), 1 month, or 2 months (once a day, 5 days per
week) (Figure 1).

Figure 1. Protocols for 10 Hz or Sham rTMS following C2 spinal cord hemisection: (A) rTMS protocols
for 7-day-treated groups; (B) rTMS protocols for 1-month- and 2-month-treated groups; (C) image of
rat receiving Sham rTMS protocol; (D) image of rat receiving 10 Hz rTMS protocol.

2.4. Electrophysiological Recordings

2.4.1. Animal Preparation

Animals were randomly divided into 6 groups: 7-day Sham rTMS (n = 8); 7-day 10 Hz
rTMS (n = 9); 1-month Sham rTMS (n = 6); 1-month 10 Hz rTMS (n = 6); 2-month Sham
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rTMS (n = 6); 2-month 10 Hz rTMS (n = 6). Electrophysiological recordings of diaphragm
activity and excitability were used to functionally evaluate the effects of rTMS treatment
on the phrenic motor circuit after completion of sham or 10 Hz rTMS. Briefly, anesthesia
was induced using isoflurane (5% in 21% O2 balanced) in an anesthesia chamber and
maintained through a nose cone (2.5% in 100% air balanced). Animals were tracheotomized
and pump-ventilated (Rodent Ventilator, model 683; Harvard Apparatus, South Natick,
MA, USA). The ventilation rate (frequency > 72 breaths per minute, tidal volume: 2.5 mL)
was adjusted to reduce the end-tidal CO2 value below the animals’ central apneic thresh-
old throughout the experiment to avoid recording spontaneous diaphragm contractions.
During the recordings, animals were placed on a heating pad to maintain a constant body
temperature (37.5 ± 0.5 ◦C), and their rectal temperature was continuously monitored
throughout the experiment. Arterial pressure was measured through a catheter inserted
into the right femoral artery. Arterial and tracheal pressures were monitored continuously
with transducers connected to a bridge amplifier (AD Instruments, Dunedin, New Zealand).
The depth of anesthesia was confirmed by the absence of response to toe pinch. A laparo-
tomy was performed, and the liver was gently moved dorsally to access the diaphragm.
Gauze soaked with warm phosphate-buffered saline was placed on the liver to prevent
dehydration. Both sides (ipsilateral and contralateral to the spinal cord lesion) of the
diaphragm were implanted with two custom-made hooked bipolar electrodes into each
mid-costal part of the diaphragm and left in place for the duration of the experiment for
the measurement of (1) spontaneous diaphragm EMG during spontaneous poïkilocapnic
normoxic or transient mild asphyxia breathing (by occlusion of the animal’s nose for 15 s
after disconnection of a tracheal tube from the ventilator) and (2) diaphragm MEP when
PETCO2 was below the apneic threshold.

2.4.2. Diaphragmatic EMG Recordings

EMGs were amplified (Model 1800; gain, 100; A-M Systems, Everett, WA, USA) and
band pass-filtered (100 Hz to 10 kHz). The signals were digitized with an 8-channel
Powerlab data acquisition device (Acquisition rate: 4 k/s; AD Instruments, Dunedin, New
Zealand), connected to a computer, and analyzed using LabChart 7 Pro software (AD
Instruments, Dunedin, New Zealand). The bilateral diaphragmatic EMGs were integrated
(50 ms decay).

2.4.3. Diaphragmatic MEP Recordings

Next, the head of the animal was placed on a nonmagnetic, custom-made stereotaxic
apparatus, which allowed its positioning from the center of the figure-of-eight coil to
−6 mm from Bregma, at an angle of 0◦, as previously described [30,31]. MEPdia induced by
a single pulse of TMS was recorded (summation of 5 to 10 TMS pulses between 2 heartbeats,
max 10 trials at 90% MO). These electromyographic signals were amplified (gain, 1 k;
A-M Systems, Everett, WA, USA) and band pass-filtered (100 Hz to 10 kHz). The signals
were then digitized with an 8-channel Powerlab data acquisition device (Acquisition rate:
100 k/s; AD Instruments, Dunedin, New Zealand) connected to a computer and analyzed
using LabChart 8 Pro software (AD Instruments, Dunedin, New Zealand).

2.5. Tissue Processing

At the end of the experiment, animals were euthanized by intracardiac injection of
pentobarbital (EXAGON, Axience), intracardially perfused with heparinized 0.9% NaCl
(10 mL), followed by Antigenfix solution (DIAPATH). After perfusion, the C1–C6 spinal
cord and brainstem were carefully dissected and stored at 4 ◦C in fixative for 24 h. After
postfixation, tissues were cryoprotected for 48 h in 30% sucrose (in 0.9% NaCl), and stored
at −80 ◦C. Frozen longitudinal (C1–C3 spinal cord) and transverse (C3–C6 spinal cord
and brainstem) free-floating sections (30 μm) were cut using a Thermo Fisher cryostat.
C1–C3, C3–C6, and brainstem sections were stored in a cryoprotectant solution (Sucrose
30%, ethylene glycol 30%, and PVP40 1% in PBS 1×) at −22 ◦C. Every fifth section from
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C1–C3 was used for lesion reconstruction to examine the extent of C2 injury using cresyl
violet histochemistry.

2.6. Histological Reconstruction of the Extent of C2 Injury

Longitudinal sections from the C1–C3 cord were used to assess the dorsoventral and
mediolateral extent of injury in all animals. Brightfield microscopy was used to examine
the cresyl violet-stained sections and recorded on a stereotaxic transverse plane of the C2
spinal cord. Each injury was then digitized and analyzed with ImageJ software (NIH).
The extent of the injury on the injured side was calculated using a reference to a complete
hemisection (which is 100% of the hemicord) and reported as a percentage (Figure 2), as
described in our previous publication [7].

Figure 2. Extent of injury following a C2 spinal cord hemisection: (A) representative schematic
diagrams of the extent of injury in each animal at 15 days postinjury (P.I.) for 7-day Sham and 10 Hz
rTMS groups, 36 days P.I. for 1-month Sham and 10 Hz rTMS groups, and 64 days P.I. for 2-month
Sham and 10 Hz rTMS groups; (B) extent of injury quantification in percentage compared with control
spinal cord injury (SCI) 100%. The quantification has been made only in the ventral part where the
phrenic motoneurons are located. There is no difference between the different groups (One Way
ANOVA, p = 0.235); (C) representative image for each group stained in cresyl violet. Scale Bar: 1 mm.
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2.7. Immunofluorescence

For immunofluorescence experiments, free-floating transverse sections of the C3–C6
spinal cord and brainstem were washed and placed in blocking solution (NDS 5% in PBS
1×) for 30 min and then incubated with the corresponding antibody in blocking solu-
tion (NDS 5%) overnight on an orbital shaker at 4 ◦C. After several PBS washes, sections
were incubated in the corresponding secondary antibody for 2 h at room temperature,
then washed again with PBS. The following primary antibodies were used: cholera toxin,
B-subunit (CTB, Calbiochem, Saint-Quentin-Fallavier, France, 1/1000, goat polyclonal),
CREB (Sigma, Saint-Quentin-Fallavier, France, 1/2000, rabbit polyclonal), GAP-43 (Sigma,
Saint-Quentin-Fallavier, France, 1/2000, mouse monoclonal), nitric oxide synthase II (iNOS,
Millipore-Merck, Guyancourt, France, 1/3000, rabbit polyclonal), CD68 (Millipore-Merck,
Guyancourt, France, 1/300, mouse monoclonal), Iba1 (Abcam, Paris, France, 1/400, goat
polyclonal), phospho-c-Jun (Ser63) II (Cell Signaling, Saint-Cyr-L’Ecole, France, 1/200,
rabbit polyclonal), and GFAP (Millipore-Merck, Guyancourt, France, 1/4000, rabbit poly-
clonal). The secondary antibodies were linked to the fluorochromes Alexa Fluor 488, 594
(Molecular Probes, Illkirch, France, 1/2000) or 647 (Invitrogen, Illkirch, France, 1/2000).
Biotinylated wisteria floribunda lectin (WFA, Vector laboratories, Les Ulis, France, 1/2000)
with Alexa Fluor 488 Avidin (Molecular Probes, Illkirch, France, 1/1000) were used to
labeled chondroitin sulfate proteoglycans (CSPGs). Images of the different sections were
captured with a Hamamatsu ORCA-R2 camera mounted on an Olympus IX83 P2ZF micro-
scope or a 3dhistech panoramic slide scanner. Images were analyzed using ImageJ 1.53n
software (NIH, USA).

2.8. Data Processing and Statistical Analyses

The amplitude (normalized to the corresponding sham group in arbitrary units, AU) of
at least 5 double-integrated diaphragm EMG inspiratory bursts during normoxia and mild
asphyxia was calculated for each animal from the injured and the intact sides with LabChart
7 Pro software (AD Instruments). Diaphragm MEP traces for each side (at least 5 MEPdia)
were averaged and superimposed using LabChart Pro software (AD Instruments). The
baseline-to-peak amplitude of the first wave of each superimposed MEPdia was calculated.

One-way ANOVA was performed between different groups for the extent of injury
evaluation. Comparisons between intact and injured sides for diaphragmatic EMG and
MEP and between eupnea and asphyxia for diaphragmatic EMG were performed by
Student’s paired t-test. Two-way ANOVA (Fisher LSD Method for multiple comparisons)
was used to compare MEPdia throughout the experiment and between different rTMS
protocols. Student’s t-tests were used to compare values of the same side (intact or injured)
between the different protocols (between 7-day, 1-month, and 2-month Sham rTMS or
between 7-day, 1-month, and 2-month 10 Hz rTMS) and to compare Sham and 10 Hz rTMS
group values for the same time point (at 7 days, 1 month, and 2 months). Paired t-tests
were used to compare data from intact and injured sides of the same animal.

All data are presented as mean ± SD, and statistics were considered significant when
p < 0.05. SigmaPlot 12.5 software was used for all analyses.

3. Results

3.1. rTMS-Induced Effects on Diaphragm Activity during Eupnea

Diaphragm activity was assessed by recording EMGdia amplitude for both intact
and injured sides (Figure 3A). A reduction in EMGdia amplitude was observed 15 days
postinjury (P.I.) for the injured side (7-day Sham rTMS = 0.06 ± 0.08 μV.s.s), compared
with intact side (0.54 ± 0.20 μV.s.s, p < 0.001). This reduced diaphragm activity persisted
for the injured side in Sham rTMS-treated animals at 36 days P.I. (0.00 ± 0.00 μV.s.s) and
64 days P.I. (0.03 ± 0.04 μV.s.s) (p > 0.05). The 10 Hz rTMS protocol did not induce a
significant change in EMGdia amplitude on the side of the injury at any experimental
time point (7 days: 0.01 ± 0.02 μV.s.s; 1-month rTMS: 0.01 ± 0.03 μV.s.s; 2-month rTMS:
0.03 ± 0.03 μV.s.s). For the intact side, no differences in diaphragm activity were observed
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between Sham rTMS group (0.54 ± 0.20 μV.s.s) and 10 Hz rTMS group (0.51 ± 0.21 μV.s.s)
following 7 days of stimulation (p = 0.772). However, following 1 month of rTMS, 10 Hz
treated animals (0.63 ± 0.15 μV.s.s) presented a significantly higher EMGdia amplitude,
compared with Sham-treated animals (0.45 ± 0.10 μV.s.s, p = 0.011). After 2 months of
rTMS, this difference between Sham-treated animals (0.67 ± 0.14 μV.s.s) and 10 Hz treated
animals (0.64 ± 0.12 μV.s.s) disappeared (p = 0.656) due to an increase in EMGdia amplitude
between 1 month (0.45 ± 0.10 μV.s.s) and 2 months (0.67 ± 0.14 μV.s.s) in the Sham group
(p = 0.039) (Figure 3B).

Figure 3. Diaphragm activity in C2 hemisected rats following chronic Sham and 10 Hz rTMS:
(A) representative traces of raw diaphragm EMG of C2 hemisected rats, following 7-day, 1-month, or
2-month Sham or 10 Hz rTMS treatment; (B) integrated diaphragm amplitude for intact and injured
sides of Sham or 10 Hz rTMS treated C2 hemisected animals following 7 days, 1 month, or 2 months
of treatment. † p < 0.001, compared with intact side; * p = 0.011, intact side of Sham rTMS group vs.
intact side of 10 Hz rTMS group following 1-month treatment. # p = 0.039, intact side of Sham rTMS
group following 1-month treatment vs. corresponding group following 2 months of treatment.

3.2. rTMS-Induced Effects on Diaphragm Muscle Response to Respiratory Challenge

In addition to analyzing diaphragm activity during eupneic breathing, muscle activity
was also analyzed during respiratory challenges (i.e., mild asphyxia). When challenged
with mild asphyxia, there was no significant change in EMGdia amplitude, compared
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with eupneic breathing on the intact side at 7 days in Sham-treated animals, and 7-day
and 1-month 10 Hz rTMS groups (Figure 4A,B,D, respectively). EMGdia on the intact
side, however, significantly decreased with mild asphyxia challenge, compared to eupneic
breathing, in 1- and 2-month Sham-treated groups, as well as the 2-month 10 Hz rTMS
group (Figure 4C,E,F, respectively). In contrast, EMGdia on the injured side significantly
increased with 10 Hz rTMS 2 months poststimulation (Figure 4F). No other statistically
significant differences were observed.

Figure 4. Diaphragm activity in C2 hemisected rats following chronic Sham and 10 Hz rTMS during
respiratory challenge: integrated diaphragm amplitude for (A) 7-day Sham, (B) 7-day 10 Hz rTMS,
(C) 1-month Sham, (D) 1-month 10 Hz rTMS, (E) 2-month Sham, and (F) 2-month 10 Hz rTMS groups
in eupnea and during mild asphyxia. * p < 0.05 mild asphyxia, compared with eupnea (paired t-test).
The red short line represent the mean value.

3.3. rTMS-Induced Effects on Phrenic System Excitability

MEPdia amplitudes were measured in response to a single pulse of TMS to evaluate
phrenic excitability following rTMS protocols (Figure 5A). Significant differences in re-
sponse were seen only between Sham-treated animals on the intact side from 1 to 2 months
postinjury (MEPdia increased), and between intact and injured sides of Sham-treated an-
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imals at 1 month, with the injured side being significantly greater (Figure 5B). No other
statistically significant differences were observed.

Figure 5. Diaphragm excitability in C2 hemisected rats following chronic Sham and 10 Hz rTMS:
(A) representative traces of raw diaphragm MEP of C2 hemisected rats, following 7 days, 1 month, or
2 months of Sham or 10 Hz rTMS treatment; (B) MEP amplitude for intact and injured sides of Sham-
or 10 Hz rTMS-treated C2 hemisected animals following 7 days, 1 month, or 2 months of treatment.
* p = 0.028, intact side vs. injured side of Sham rTMS group following 1-month treatment. # p < 0.001,
intact side of Sham rTMS group following 1-month treatment vs. corresponding group following
2 months of treatment.

3.4. rTMS-Induced Effects on Plasticity Markers in C3–C6 Spinal Cord

The expression of plasticity markers CREB and GAP-43 was evaluated at the C3–C6
spinal cord, the anatomical location of the phrenic motoneuron nucleus (Figure 6A). The
percentage of cholera toxin beta (CTB, Figure 6A)-labeled phrenic motoneurons expressing
CREB (Figure S1A) was significantly reduced for the intact side after 1 month of Sham or
10 Hz rTMS. In contrast, a reduction in CREB expression was seen on the injured side only
in those animals treated with 10 Hz rTMS for 1 month (Figure 6B).
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Figure 6. CREB expression in phrenic motoneurons following C2 hemisection: (A) representative
images showing expression of CREB in denervated phrenic motoneurons labeled with CTB in
C2 hemisected rats, following 7 days, 1 month or 2 months of Sham or 10 Hz rTMS treatment;
(B) quantification of the percentage of CREB expressing phrenic motoneurons for intact and injured
sides of Sham- or 10 Hz rTMS-treated C2 hemisected animals following 7 days, 1 month, or 2 months
of treatment. There is no difference between the intact and the injured sides for the different groups
(paired t-test for intact vs. injured side, p > 0.05); # 7-day Sham rTMS intact side, compared with
1-month Sham rTMS intact side, p = 0.012. * 7-day 10 Hz rTMS intact side, compared with 1-month
10 Hz rTMS intact side, p = 0.007. † 7-day 10 Hz rTMS injured side, compared with 1-month 10 Hz
rTMS injured side, p = 0.004.

GAP-43 is normally synthesized in axonal growth cones; therefore, changes in GAP-43
immunofluorescence were evaluated in the phrenic motoneuron area in the C3–C6 spinal
cord (Figure S1B and Figure 7A). The area labeled by antibodies against GAP-43 increased
on the side of the injury 1 month after 10 Hz rTMS. No other significant differences were
observed at any experimental time point on the intact or injured side (Figure 7B). Although
there was significantly less GAP-43 labeling on the injured side, compared with the intact
side in the ventrolateral funiculi of the spinal cord, no significant differences were seen
between Sham- or 10 Hz treated animals across any of the time points exampled (Figure S2).
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Figure 7. GAP-43 expression approximate to phrenic motoneurons following C2 hemisection: (A) rep-
resentative images showing the surface occupied by GAP-43 labeling around denervated phrenic
motoneurons labeled with CTB in C2 hemisected rats, following 7 days, 1 month, or 2 months of Sham
or 10 Hz rTMS treatment; (B) quantification of the area occupied by GAP-43 labeling approximate to
phrenic motoneurons on the intact and injured sides of Sham or 10 Hz rTMS-treated C2 hemisected
animals following 7 days, 1 month, or 2 months of treatment. There is no difference between the intact
and the injured sides for the different groups (paired t-test for intact vs. injured side, p > 0.05; * 7-day
10 Hz rTMS compared with 1-month 10 Hz rTMS for the injured side (Student’s t-test, p = 0.017).

There was no difference in the expression of iNOS, which produces the reactive
oxygen species nitric oxide, in phrenic motoneurons despite their denervation in any of
the groups (Figure S3). There was also no difference in p-c-Jun and CREB expression in
Fluorogold positive identified rostral ventral respiratory group (rVRG) neurons on the side
of the injury when compared between 1 and 2 months of Sham or 10 Hz rTMS treatment
(Figures S4 and S5, respectively), nor were there differences in CSPG expression in the
rVRG (Figure S6).

136



Biology 2022, 11, 473

3.5. rTMS-Induced Effects on Neuroinflammation

Immunohistochemistry against Iba1 (microglia) and CD68 (macrophages) was used
to evaluate neuroinflammation in the injured C1–C3 spinal cord following 1 month and
2 months of rTMS treatment (Figure S7A). For the injured side, the area occupied by Iba1
labeling was reduced in 1-month 10 Hz rTMS-treated animals (10.72 ± 5.73%), compared
with 1-month Sham rTMS-treated animals (23.74 ± 8.45%; p < 0.05) between −345 μm and
+345 μm from lesion epicenter, as well as between −690 μm and −345 μm from lesion
epicenter (1-month 10 Hz rTMS: 13.72 ± 9.42% vs. 1-month Sham rTMS: 24.46 ± 6.31%;
p < 0.05) (Figure S7B). No difference in CD68 labeling on the side of the injury was observed
between groups (Figure S7D). For the intact side, there was no difference in Iba1 labeling
between groups (Figure S7C). However, the area occupied by CD68 positive cells was
reduced in the 2-month 10 Hz rTMS group (0.02 ± 0.03%), compared with 2-month Sham
rTMS (0.33 ± 0.39%; p < 0.05) between −345 μm and +345 μm from lesion epicenter
(Figure S7E).

Immunohistochemistry against GFAP (astrocytes) and WFA (CSPGs) was used to
evaluate any rTMS-induced changes in the astroglial border of the lesion (Figure S8A). No
difference in GFAP immunofluorescence was detected on either the injured or the intact
sides (Figure S8B,C). WFA labeling was reduced in 2-month 10 Hz rTMS (9.04 ± 3.42%),
compared with 1-month 10 Hz rTMS-treated animals (17.14 ± 9.54%; p < 0.05) on the side
of the injury (Figure S8D). No differences were observed in WFA immunofluorescence on
the intact side (Figure S8E).

4. Discussion

The present study is the first to investigate the therapeutic effects of chronic rTMS for
enhancing respiratory function following cervical spinal cord injury (SCI) in a preclinical
model. Our previous study already demonstrated that a single acute delivery of 10 Hz rTMS
in anesthetized rats induced an increase in phrenic network excitability [30]. This 10 Hz
magnetic stimulation is recognized for its long-term potentiation (LTP)-like effect [42,52].
We, therefore, hypothesized that chronic delivery of this protocol would induce beneficial
effects on respiratory recovery after cervical SCI.

Contrary to our expectations, the analysis of EMGdia recordings showed the ap-
plication of chronic 10 Hz rTMS had no effect on diaphragm activity on the side of the
injury during eupnea, regardless of the duration of treatment. Conversely, an increase
in diaphragm activity on the intact side after 1 month of treatment in injured animals
was observed. Nontreated animals reached an EMGdia amplitude similar to those of
treated animals at 9 weeks postinjury. These results might suggest that chronic 10 Hz
rTMS strengthens spared descending respiratory pathways, reflecting a recovery plateau.
Indeed, between 4 and 8 weeks post-C2 hemisection, a plateau in diaphragm activity has
been observed when treated with intermittent hypoxia [53]. A similar observation was
also found when a chronic protocol of intermittent hypoxia was applied following C2
hemisection in rats on diaphragm activity, with no difference between treated animals
and normoxic animals after 3 weeks of treatment (spontaneous recovery reaches a ceil-
ing/plateau by that time postinjury) [54]. Additionally, consistent with MEPdia results, the
intact hemidiaphragm could better compensate for the paralyzed hemidiaphragm. Indeed,
animals treated with 10 Hz rTMS did not differ significantly in MEP amplitude over time
in either intact or injured hemidiaphragm. In contrast, Sham-treated animals had a reduced
amplitude for the intact side, compared with the injured side following 1 month of treat-
ment, and similar to those of rTMS-treated rats after 2 months of treatment. These results
suggest that excitability of spared phrenic motoneurons is reduced in Sham-treated animals,
whereas rTMS treatment maintained basal excitability in these motoneurons. Moreover, at
2 months post-rTMS treatment, an increased response to asphyxia was observed on the
injured side, whereas no response was observed in Sham-treated animals. This reflects a
strengthening of the existing CPP, which is consistent with evidence for spontaneous CPP
3 months post-C2 hemisection but not seen at 7 days postinjury [5].
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The reduction in CREB expression in phrenic motoneurons occurred earlier postinjury
in treated animals, suggesting that CREB signaling may contribute to treatment-driven
plasticity. Moreover, the reduction in CD68 positive cells on the intact side of the C1–C3
spinal cord could reflect the anti-inflammatory effect of rTMS treatment, which may also
contribute to neuroplasticity. Consistent with this finding, others have shown a reduction
in GFAP and Iba1 labeling, which correlated with increased neuronal plasticity after rTSMS
treatment [45,55]. Although these effects correlate with neuroplastic processes, no change
in CREB or p-c-Jun expression was observed in respiratory brainstem neurons (putative
ventral respiratory column) on the side of the injury, despite these molecules being involved
in synaptic plasticity and axonal regeneration [56].

The present study also demonstrated no significant change in GAP-43 expression
within white matter regions with treatment. This raises the question as to whether neuro-
plasticity is being mediated by spinal networks, which many recruit spinal interneurons
within the phrenic network. This would be consistent with injured mice [57] and rats [58,59]
displaying increased connectivity of spinal interneurons after cervical spinal cord injury.
Furthermore, stimulating activity within spinal networks has also been shown to increase
spinal interneuron activity and plasticity [60]. Based on these prior results, it is likely that
stimulation with rTMS may also drive a degree of plasticity within these same phrenic
interneuronal networks. This could also explain why phrenic motor activity on the side of
injury was increased during asphyxia 2 months after chronic rTMS. Indeed, this observa-
tion could be an indication of strengthening of the CPP involving both spared descending
pathways and interneuronal connectivity.

In this study, we chose to specifically stimulate at the cortical level to target neuronal
networks connected to brainstem respiratory centers. Previous studies using repetitive
magnetic stimulation employed a thoracic model of SCI, applying magnetic stimulation
at the side of injury. Studies in mice demonstrated that 10 Hz acute or chronic rTSMS
improved locomotor function after thoracic injury [45,61], but a lower frequency (0.2 Hz)
of rTSMS in rats did not [40]. However, when combining stimulation with growth factor
delivery and activity-based therapy, improved functional effects were observed [40].

More invasive spinal stimulation approaches, such as intraspinal and epidural stim-
ulation, have also been used to elicit spinal neural plasticity [62–65]. High-frequency
epidural stimulation was used at the level of the phrenic motor nucleus (C4 segment) in
C1-transected animals to induce short-term facilitation of the phrenic motor circuit [64].
This has been demonstrated within the denervated phrenic motor pool after C2HS in rats
with increased growth factor expression (e.g., VEGF and BDNF) [66].

5. Conclusions

Even though epidural stimulation is a promising technique, it is surgically invasive,
and accordingly, less invasive approaches than that used in the present study may be more
readily applied in the clinic. Despite some promise with TMS, the results from the present
study may reflect the fact that 10 Hz rTMS alone may be insufficient to stimulate significant
functional diaphragmatic recovery. Combining the rTMS protocol employed in the present
study with other therapeutic interventions (e.g., activity-based therapy [40,67]) may be
more efficacious.

Supplementary Materials: The following are available online at https://www.mdpi.com/article/10
.3390/biology11030473/s1, Figure S1: Representative C3–C6 spinal cord sections labeled for CTB
and CREB or GAP-43, Figure S2: GAP-43 expression in C3–C6 ventrolateral funiculi following
C2 hemisection, Figure S3: iNOS expression in phrenic motoneurons following C2 hemisection,
Figure S4: p-c-Jun expression in injured rVRG neurons, Figure S5: CREB expression in injured rVRG
neurons, Figure S6: CSPG expression in in the area around injured rVRG neurons, Figure S7: Iba1
and CD68 expression in the C1–C3 spinal cord following C2 hemisection, Figure S8: GFAP and WFA
expression in the C1–C3 spinal cord following C2 hemisection.
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Simple Summary: Tetraplegia is one of the most devastating conditions that an individual can sustain

and affects more than 2.5 million people worldwide. Tetraplegia not only affects mobility but also

impacts spontaneous breathing such that survivors can be rendered ventilator dependent and have

increased mortality. Although no treatment can restore respiratory function after tetraplegia, there is

a need for more exploratory studies defining therapeutic approaches to ameliorate respiratory decline

in tetraplegia. Here, we studied two models of tetraplegia mimicking human forms of injury, using

spinal cord contusion in mice, either above the third cervical metameric segment (C3 model) or below

the sixth cervical metameric segment (C6 model) innervation of the phrenic nerves. These nerves

are responsible for contraction of the diaphragm, the main inspiratory muscle. Using measurements

of spontaneous breathing and muscle activity of the diaphragm, we found reduced diaphragmatic

activity in both models, but only the C3 model led to reduced spontaneous breathing similar to

what is seen in humans with tetraplegia. Moreover, we found a decline in basal contractility of the

diaphragm in the C3 model only. We conclude that the C3 model is an appropriate model to explore

interventions aimed at restoring breathing following tetraplegia.

Abstract: The majority of spinal cord injuries (SCIs) are cervical (cSCI), leading to a marked reduction

in respiratory capacity. We aimed to investigate the effect of hemicontusion models of cSCI on both

diaphragm activity and respiratory function to serve as preclinical models of cervical SCI. Since

phrenic motoneuron pools are located at the C3–C5 spinal level, we investigated two models of

preclinical cSCI mimicking human forms of injury, namely, one above (C3 hemicontusion—C3HC)

and one below phrenic motoneuron pools (C6HC) in wild-type swiss OF-1 mice, and we compared

their effects on respiratory function using whole-body plethysmography and on diaphragm activity

using electromyography (EMG). At 7 days post-surgery, both C3HC and C6HC damaged spinal cord

integrity above the lesion level, suggesting that C6HC potentially alters C5 motoneurons. Although

both models led to decreased diaphragmatic EMG activity in the injured hemidiaphragm compared

to the intact one (−46% and −26% in C3HC and C6HC, respectively, both p = 0.02), only C3HC led

to a significant reduction in tidal volume and minute ventilation compared to sham surgery (−25%

and −20% vs. baseline). Moreover, changes in EMG amplitude between respiratory bursts were

observed post-C3HC, reflecting a change in phrenic motoneuronal excitability. Hence, C3HC and

C6HC models induced alteration in respiratory function proportionally to injury level, and the C3HC

model is a more appropriate model for interventional studies aiming to restore respiratory function

in cSCI.

Keywords: spinal cord injury; contusion model; respiratory function; diaphragmatic activity;

phrenic motoneurons
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1. Introduction

Spinal cord injury (SCI) prevalence is estimated at 500,000 individuals worldwide each
year [1]. Most cases of SCI happen at the cervical level [2,3], leading not only to locomotor
impairment but also marked respiratory dysfunction. Indeed, cervical SCI at or above
the level of phrenic motor neurons (C3 to C5) interrupts descending medullary spinal
respiratory pathways and causes complete or partial diaphragm paralysis. As a result,
forced vital capacity and total lung capacity are proportionally reduced with an increasing
level and severity of injury [4], and only mechanical ventilation can ensure sufficient
breathing in patients with the highest level of injury (C4 or above) [5]. Notably, almost all
tetraplegic patients use mechanical ventilation (MV) acutely after injury, and many remain
dependent on it. Moreover, even when patients are weaned from diurnal MV, most of
them (60%) are still dependent on nocturnal ventilation support due to sleep-disordered
breathing [6]. Furthermore, efficient diaphragmatic activity is needed to ensure coughing
and sneezing abilities, both crucial for airway clearance in order to prevent respiratory
infections [7]. Hence, respiratory dysfunction after SCI not only compromises comfort and
life quality but also increases morbidity and mortality rates in patients living with such
high injuries [8].

Currently, there is no efficient treatment that can be used to fully restore respiratory
function in cervical SCI. Implanted phrenic stimulation (diaphragm pacing) allows some
patients to be weaned from MV [9], but this procedure is invasive and only possible when
phrenic nerve conduction is preserved, therefore allowing less than 10% of patients with SCI
above C4 to be treated with diaphragm pacing [10]. Similarly, the restoration of diaphragm
innervation by using the nerve transfer approach is limited by the need for the donor and
their axons to have previously been innervated by the respiratory centers [11,12], making
this approach complicated and limiting. Nevertheless, a growing number of interven-
tional studies using pharmacological strategies, such as the modulation of noradrenergic,
serotonergic or dopaminergic neurotransmission, or neuromechanical devices, such as
electrical stimulation, robotic assistance or even the brain–computer interface, are suggest-
ing that respiratory neuroplasticity may be enhanced to improve spontaneous ventilation
after SCI [13,14]. Moreover, few non-invasive therapeutics such as intermittent hypoxia
protocols demonstrated their ability to induce substantial respiratory recovery in rodent
preclinical models [15–19] of cervical injury as well as in human patients [20–22]. There
is a need for more exploratory studies searching for a pharmacological agent, interven-
tion or combinatorial approaches to further ameliorate the respiratory outcome following
cervical SCI.

One of the most challenging aspects of medical research is ensuring that benefits found
based on animal data can be translated to humans. Therefore, current and developing
studies need representative preclinical models of cSCI to allow a better understanding of
respiratory physiopathology after SCI and to unravel the benefit of therapeutic approaches.
Currently, most studies investigating respiratory physiopathology, the neuroplasticity
of medullary spinal axonal regeneration and phrenic motoneurons nuclei reinnervation
following high SCI use the C2 hemisection in rat [22–25] and mouse [26–28] models.
These studies have unraveled fundamental concepts of respiratory physiopathology after
SCI [23,27] and provided bases for putative therapeutics to cure SCI [15,24,29]. However,
section models are not ideal for investigating SCI pathophysiology because transections are
scarce in clinical settings [24,29–31]. Contusion models may be more appropriate since they
lead to spared motoneurons and not death of all neurons. Moreover, respiratory recovery
after C2 injuries can be linked to cross-phrenic phenomena typical of C2 injury [32], whose
existence is still debated in humans [33]. Hence, it may be relevant to use injury occurring
at the phrenic motoneurons innervation level (C3–C5 in rodents) in a manner similar to that
in previous publications [15,34–40]. Furthermore, despite recent progress in the generation
of transgenic rats, there is currently almost no alternative to mice for studying the roles of
specific genes after SCI. Indeed, when hypotheses are confirmed, further projects would
need to explore and confirm the effect on genetically engineered lines. Hence, mouse
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models of cervical hemicontusion would be helpful to study the recovery of respiratory
function after SCI with interventions.

To date, very few studies have sought to characterize the respiratory physiopathology
in the mouse model of cervical hemicontusion. Of note, Charles Nicaise and colleagues
previously reported diaphragm deficits and phrenic motor neuron degeneration following
C4/C5 SCI in mice [41,42]. These were pioneering studies showing the diaphragmatic
impact of cervical hemicontusion in mice. However, since phrenic nuclei are located in the
C3–C5 region in mice [42–44], it is likely that some phrenic motoneurons at the C3 level
survive after C4/5 injury. On the contrary, although complete T8 contusion decreases tidal
volume and minute ventilation in rats [42], it is not known whether respiration dysfunction
occurs after mid-cervical SCI without direct damage to the phrenic motoneuron (MN).
Lastly, respiratory function has been measured following bilateral mid-cervical contusion
injury at the C3/C4 level, but only in rats [39]. Therefore, it would be interesting to assess
the effect of unilateral phrenic MN denervation after C3 hemicontusion as compared to
intercostal and abdominal denervation after C6 hemicontusion in a mouse model of SCI.

Furthermore, pulmonary volume has not been characterized after hemicervical contu-
sion in mice. However, it is a direct, accurate and precise reflection of respiratory function
and may be an interesting tool to investigate, especially given that it can be evaluated non-
invasively at different time points and provide the functional effect of putative therapeutic
strategies to restore impaired breathing. In the present study, we aimed to develop and
investigate the effect of C3 and C6 hemicontusion models on both diaphragm activity and
respiratory function to serve as preclinical models of cervical SCI in interventional studies
with the aim of restoring respiratory function in SCI.

2. Materials and Methods

2.1. Animals and Experimental Design

Adult WT Swiss OF-1 (Charles River, France) male mice of 20–30 g (10–12 weeks old)
were housed in ventilated cages with controlled humidity, light and temperature. Animals
were first housed in cages in groups of 5 before surgery and then in cages in groups of
2 after surgery. Only two animals needed to be separated due to showing aggressive
behavior toward other males. Ad libitum food and water were provided in an enriched cage
environment. All experiments reported in this manuscript conformed to the policies laid out
by the Guide for the Care and Use of Laboratory Animals in the EU Directive 2010/63/EU
for animal experiments. These experiments were approved by the Ethics Committee
Charles Darwin CEEACD/N◦5 (Project authorization APAFIS No. 2020070317412138 v3).

Thirty-five animals were included in this study and were divided into 3 groups:
(1) laminectomy (n = 5) or no surgery for one control mouse (sham/control, n = 6);
(2) unilateral SCI at the C3 level (C3HC, n = 12); and (3) unilateral SCI at the C6 level
(C6HC, n = 17). Two mice did not survive C3 hemicontusion and died during surgery,
and one responded by self-mutilation on the 5th day and was excluded from the study.
For all animals, terminal procedures were performed at J + 7 days post-lesion. From the
32 animals, 26 animals received plethysmography before and after surgery (n = 7 C3HC,
n = 13 C6HC and n = 6 sham/control), and among these, 9 also received diaphragmatic
electromyogram (EMG, n = 4 C3HC, n = 4 C6HC and n= 1 control) before being used for
histologic analyses. In addition, 6 received EMG only (n = 2 C3HC and n = 4 C6HC) before
being used for histologic analyses.

2.2. Unilateral Cervical Spinal Cord Contusion

Animals were placed in a closed chamber for anesthesia induction with isoflurane
(4%) maintained throughout the procedure with a facial mask (1.5–2.5% isoflurane). As
previously described in a study using a mouse model of cervical contusion targeting C4
and C5 levels [41], the dorsal skin and underlying muscles above the second cervical up to
the first thoracic vertebrae were retracted. A dorsal laminectomy was performed to expose
the spinal cord. A precision Impactor Device (RWD life science; 68,099 II) with a 1.5 mm tip
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impactor was used to perform the hemicontusion. The impactor parameters had a mean
depth of 2.29 ± 0.41 mm, a speed of 2.41 ± 0.29 m/s and a dwell time of 0.50 ± 0.01 s
(mean ± SEM) for the two injury types (not different for C3 and C6 epicenters). After
contusion, sutures were used to close the wounds and skin. The isoflurane vaporizer was
turned off, and the mice received subcutaneous injections of analgesia (buprenorphine,
0.1 mg/kg: QN02AE01, CEVA). After surgery, the animals were placed on a heated pad
to recover. The animals were then placed in a cage containing water and a recovery diet
gel, both in a small Petri dish, and then solid food was provided in the cage. Food and
water were also provided on the top grid of the cage. Analgesia was maintained for at least
3 days following injury.

2.3. Breathing Recording Using Plethysmography

Before and 7 days after spinal cord contusion, respiratory variables were measured
(tidal volume—VT, breathing frequency—Bf, minute ventilation—VE, inspiratory time—Ti
and expiratory time—Te). One-hour plethysmography recordings were obtained for each
mouse. The animals were placed in 400 mL chambers, breathing spontaneously and not
constrained. Plethysmography does not require anesthesia and is a non-invasive procedure.
The air in the chambers was constantly renewed by a pump at a flow rate of 0.5 L/min.
The plethysmography chamber was hermetic, sealed and composed of 2 sections: a 150 mL
reference chamber and a 250 mL chamber wherein the animal was placed. Before baseline
measurements, the animals were placed in ventilated and enriched cages in the animal
facility for one week for acclimatization. Subsequently, three-day plethysmography ac-
climation was conducted to familiarize the animals with the plethysmography chambers
(Emka, France). This phase limited stress and resulted in calm animals, thereby allowing
successful recordings with plethysmography software (Emka IOX software, Paris, France)
on the 4th and 5th days of the week. The success rate (Sr) was obtained from the ratio
of validated cycles (i.e., signals matching respiratory cycles) and the number of detected
cycles for each 20 s period. Sr = 100% indicates that all detected respiratory cycles were
validated by the software. We considered only measurements of respiratory function with
Sr > 60. Mean Sr was similar between groups (76 ± 4, 75 ± 6 and 78 ± 10 in C3HC, C6HC
and sham groups, respectively). Baseline recordings were performed for two consecutive
days to check for data reproducibility. Post-surgery measurement was performed on day 7
to rule out any putative effect of analgesia.

2.4. Electrophysiological Recording of the Diaphragm

Electromyogram (EMG) was performed on 7 days post-injury. Anesthesia was induced
using intraperitoneal injection of ketamine (QN01AX03, Virbac, Nice, France) (100 mg/kg)
and xylazine (QN05CM92, Bayer, Leverkusen, Germany) (10 mg/kg). The animals were
placed supine on a heating pad to maintain physiologic and constant body temperature
(37.5 ± 1 ◦C). A laparotomy was performed to expose the diaphragm. Electromyogram
(EMG) of the crural portion of the diaphragm ipsilateral and contralateral to the spinal cord
lesion was obtained via handmade bipolar surface silver electrodes placed on the muscles
during spontaneous poïkilocapnic normoxic breathing. EMG was amplified (Model 1800;
gain, 100; A-M Systems, Everett, WA, USA) and bandpass filtered (100 Hz–10 kHz). Signals
were digitized with Powerlab data acquisition hardware/software (Acquisition rate: 4 k/s;
AD Instruments, Dunedin, New Zealand) connected to a computer and analyzed using
LabChart 7 Pro software (AD Instruments, Dunedin, New Zealand). EMG was integrated
(50 ms decay). After the experiment, the animals were euthanized with exsanguination,
followed by intracardiac perfusion of saline and 4% paraformaldehyde (4 ◦C) for tissue
fixation and subsequent harvesting.

2.5. Tissue Processing

After fixation, the C1-C8 segment of the spinal cord was dissected and immedi-
ately placed in cold 4% paraformaldehyde (P6148 Sigma-Aldrich, Darmstadt, Germany)
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for 48 h and then cryoprotected in 30% sucrose (in 0.9% NaCl, S9888, Sigma-Aldrich,
Darmstadt, Germany) for 48 h and stored at −80 ◦C. Frozen transversal (C1–C5 or C4–C8
spinal cord) free-floating sections (30 μm) were obtained using a Thermo Fisher CryoStar
NX70 cryostat. Spinal cord sections were stored in a cryoprotectant solution (sucrose 30%
(pharma grade, 141621, AppliChem, Darmstadt, Germany), ethylene glycol 30% (BP230-4,
Fisher Scientific, Illkirch, France) and polyvinylpyrrolidone 40 (PVP40-100G; Sigma-Aldrich
1% in phosphate-buffered saline (PBS) 1X) (BP665-1; Fisher Scientific, Illkirch, France) at
−22 ◦C. Every fifth section from C1–C5 or C4–C8 was used for lesion evaluation to exam-
ine the extent of injury using cresyl violet histochemistry: 10 min in cresyl violet solution
(0.001% cresyl violet acetate (C5042-10G, Sigma-Aldrich, Darmstadt, Germany) and 0.125%
glacial acetic acid (A/0400/PB15, Fisher Scientific, Illkirch, France) in distilled water),
1 min in 70% ethanol, 1 min in 95% ethanol, 2 × 1 min in 100% ethanol (E/0600DF/17,
Fisher Scientific, Illkirch, France) and 2 min in xylene (X/0100/PB17, Fischer Scientific,
Illkirch, France). Then, they were coverslipped using Eukitt® mounting medium, and slide
microphotographs were taken with a slide scanner (Aperio AT2, Leica, France).

2.6. Immunohistofluorescence

Immunohistodetection of markers of interest was performed on spinal cord samples
from C3HC and C6HC for qualitative assessments. Free-floating transverse sections of the
C1–C5 or C4–C8 spinal cord stored in cryoprotectant solution were washed 3 times in PBS
1X and placed in blocking solution (normal donkey serum (NDS) 5% and 0.2% Triton 100X
in PBS 1X) for 30 min and then incubated with primary antibodies using ionized calcium-
binding adaptor protein-1 (Iba1) (Abcam ab5076, 1/400, goat polyclonal) and glial fibrillary
acidic protein (GFAP (Millipore-Merck AB5804, 1/4000, rabbit polyclonal) in blocking
solution overnight in an orbital shaker at 4 ◦C. After 3 PBS 1X washes, sections were
incubated in the corresponding secondary antibodies Alexa Fluor 488 Donkey anti-rabbit
(Molecular Probes A21206, 1/2000, ThermoFisher, Rockford, IL, USA) and Alexa Fluor 647
Donkey anti-goat (Molecular Probes A21447, 1/2000, ThermoFisher, Rockford, IL, USA) for
2 h at room temperature, and they were then washed again 3 times with PBS 1X. Sections
were then incubated with NeuroTrace™ 530/615 (N21482, Invitrogen, Waltham, MA, USA),
a neuronal marker (Nissl stain), for 10 min and then washed again 3 times with PBS
1X. Images of the different sections were captured with a Hamamatsu ORCA-R2 camera
mounted on an Olympus IX83 P2ZF scanning microscope.

2.7. Data Processing and Statistical Analyses

EMG analyses. The amplitude of at least 10 double-integrated diaphragmatic EMG
inspiratory bursts during normoxia was calculated for each animal from the injured and
the intact sides using LabChart 7 Pro software (AD Instruments). For inter-inspiratory
burst basal signal analysis during normoxia, the amplitude of a minimum of 5 basal
diaphragmatic EMG signals was calculated using LabChart 7.

Statistical analyses. Data are presented as mean ± standard deviation (SD) or median
(interquartiles), and differences were considered significant at p < 0.05. GraphPad Prism
software 9.3.1 was used for all statistical analyses. Normality of the data was checked with
the Shapiro–Wilk test. Within-group comparisons (weight loss, EMG activity and respira-
tory variables) were performed using paired t-test or Wilcoxon’s test (for non-parametric
data and for groups with n < 7 animals), and between-group comparisons were performed
using 2-way analysis of variance (diaphragmatic EMG and interburst) with the type of
lesion and side (injured vs. intact) as factors. Between-group comparisons for changes
in weight, VT, Bf and VE after 7 days were performed using 2-way repeated measures
analysis of variance (ANOVA) with post hoc Bonferroni. The relationship between changes
in VT (post/pre ratio) and in hemidiaphragmatic activity (injured/intact EMG ratio) was
assessed using simple regression analysis and Pearson coefficient correlation.
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3. Results

3.1. Physiologic Effect of Cervical Contusion

Body weight loss was observed in both groups (after C3HC and C6HC), with no
difference between groups in weight change at 7 days post-lesion (Table 1) being noted.
After slight, daily decreases, body weight stabilized after the fifth day post-lesion in both
groups. After C3HC, complete ipsilateral forelimb paralysis was observed, whereas partial
paralysis was observed after C6HC.

Table 1. Respiratory variables following C3 or C6 hemicontusion.

Variables Sham C3HC C6HC

Weight (g)

day of surgery 38 (9) 41 ± 5 37 ± 3
day 1 - 38 ± 3 35 ± 2
day 2 - 36 ± 4 34 ± 2
day 5 - 33 ± 3 33 ± 3
day 7 39 (12) 34 ± 3 34 ± 3

VT (μL/g)
pre 14.7 (5.2) 14.3 ± 3.6 14.9 ± 2.6

7 d post 17.5 (5.7) 10.1 #ab ± 2.1 14.2 ± 2.5

VT (mL)
pre 0.56 (0.11) 0.59 ± 0.2 0.56 ± 0.1

7 d post 0.62 (0.20) 0.36 * ± 0.1 0.48 * ± 0.1

Bf (rpm) pre 226 (117) 233 ± 25 250 ± 59
7 d post 264 (165) 273 * ± 36 248 ± 54

VE (mL/min)
pre 146 (85) 139 ± 52 144 ± 52

7 d post 160 (151) 98 #a ± 24 122 ± 44

Ti (ms)
pre 107 (55) 111 ± 12 98 ± 21

7 d post 98 * (58) 96 ± 14 90 ± 18

Te (ms)
pre 168 (82) 179 ± 26 171 ± 47

7 d post 155 (90) 150 * ± 38 179 ± 47
Definitions of abbreviations: VT, tidal volume; Bf, breathing frequency; VE, minute ventilation; Ti, inspiratory
time; Te, expiratory time. * within-group comparison: p < 0.05. # between-group comparison p < 0.05. a post hoc
comparison with sham: p < 0.01; b post hoc comparison with C6HC: p < 0.001.

3.2. Histological Analysis of C3 and C6 Hemicontusions

Histological analyses are shown in Figures 1 and 2. Seven days after hemicontusion,
the spinal cord transverse sections stained with cresyl violet (Nissl body labeling) displayed
tissue damage at the site of injury following C3HC or C6HC (Figures 1A,B and 2). GFAP-
positive cells (astrocytes), Iba1-positive cells (microglia and macrophages) and NeuroTrace
labeling (neurons) showed the anatomical cell composition of the site of injury in both
models (Figure 1C,D). Note the absence of GFAP labeling at the site of injury, as well
as the blurred NeuroTrace labeling and ameboid Iba1-positive cells at the site of injury.
In addition, as shown in Figure 2, the extent of the lesion reached 600 μm rostral and caudal
to the lesion epicenter for both C3HC and C6HC.

3.3. Respiratory Function Following C3 or C6 Hemicontusion

Plethysmography measurements are presented in Figure 3 and Table 1. There was
a significant reduction in VT at 7 days post-surgery after C3HC when corrected for weight
loss (post vs. pre: 10.1 ± 2.1 vs. 14.3 ± 3.6 μL/g, −25%) compared to C6HC (14.2 ± 2.50
vs. 14.9 ± 2.6 μL/g, −5%) and sham (17.9 ± 4.6 vs. 14.9 ± 2.6 μL/g, +15%) (RM ANOVA,
p = 0.01, Figure 3). There was also an increase in Bf in the C3HC group 7 days after surgery
(273 ± 36 vs. 233 ± 25, p = 0.04), but differences were not observed in the two other
groups. Lastly, changes in VE were significantly different between the groups: 7 days after
surgery, VE was lower in C3HC than in sham but not C6HC (post vs. pre: 98 ± 22 vs.
139 ± 49 mL/min, −20%, p = 0.02) (Figure 3 and Table 1).
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Figure 1. Examples of extent of injury to C3 and C6 spinal segments in mice 7 days post-contusion.
Representative examples of cresyl violet staining at the injured site 7 days post-contusion for C3-
(n = 6) (A) and C6- (n = 6) (B) injured groups. Representative images showing immunolabeling
of glial fibrillary acidic protein (GFAP) (glial cells, in green), NeuroTrace (neurons in red) and
ionized calcium-binding adaptor protein-1 (Iba1) (microglia, aqua) for C3-contused group (C) and
C6-contused group (D). Note that half of the spinal cord is completely injured by the contusion for
both groups, and no neurons remained in the scar. Scale bar: 500 μm.

Figure 2. Representative rostro-caudal extent of contusion injury in C3- (A) and C6- (B) contused

groups, where 0 represents the epicenter of the injury. Each picture is separated by 300 μm width.
Note that the injury extends more than 2000 μm from the epicenter. Scale bar: 500 μm.

3.4. Diaphragmatic Activity Following C3 or C6 Hemicontusion

Diaphragm activity is shown in Figure 4. Seven days post-lesion, the activity in the ip-
silateral (injured) hemidiaphragm showed a greater reduction than that in the contralateral
(intact) hemidiaphragm after both C3HC (0.78 ± 0.43 vs. 1.62 ± 0.68 A.U. normalized to
control, −46% p = 0.02) and C6HC (0.88 ± 0.42 vs. 1.21 ± 0.53 A.U. normalized to sham,
−p = 0.02). The reduction in the injured hemidiaphragm compared to the intact one after
C3HC tended to be significantly more pronounced than after C6HC (−46% vs. −27%,
2 ways RM ANOVA, p = 0.07) and was associated with increased activity of the intact
hemidiaphragm (Figure 4C). In addition, the EMG amplitude recordings of two inspiratory
interbursts on the injured side of the C3 mice was increased at 7 days post-injury compared
to the intact side and to the C6 recordings (Figure 4D; injured side: 18 ± 15 vs. intact side:
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3 ± 4 mV in C3HC compared to injured side: 4 ± 5 vs. intact side: 4 ± 3 mV in C6HC;
two-way ANOVA; p = 0.01). Lastly, we found a significant correlation between changes in
tidal volume (hemicontusion group vs. intact group) and changes in diaphragm activity
(ipsilateral hemidiaphragm vs. contralateral hemidiaphragm) (r = 0.72, p = 0.01, Figure 5).

Figure 3. Respiratory pattern following C3 and C6 hemicontusions (HCs). Mean ± SD of tidal
volume (VT), breathing frequency (Bf) and minute ventilation (VE) before and 7 days after sham
surgery, C6HC or C3HC. *** p < 0.001, ** p < 0.01, * p < 0.05. Bonferroni post hoc analysis: VT at 7 days
post-C3HC was significantly lower than in sham and C6CH groups, and VE at 7 days post-C3HC
was significantly lower than in sham.
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Figure 4. Diaphragm activity following C3 and C6 hemicontusions (HCs). Representative exam-
ples of diaphragmatic EMG in two mice 7 days after C3 hemicontusion (A) or C6 hemicontusion (B)
and mean +/− SD in each group of animals (C). Amplitude recordings of 2 inspiratory interbursts
and of the ECGs in injured and intact sides after C3 and C6 hemicontusions (D) * p < 0.05.

Figure 5. Relationship between changes in respiratory function and diaphragmatic activity. Sim-
ple linear relationship between diaphragmatic EMG activity of the injured side and that of the
intact side (injured-to-intact ratio) and changes in tidal volume (ratio of post/pre values) 7 days
post-lesion in animals after performing both plethysmography and EMG recordings (Pearson
correlation coefficient).
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4. Discussion

The present study compared for the first time two distinct models of cervical spinal
cord injury differentially impacting the phrenic MN pool, and it demonstrates their respec-
tive effects on diaphragmatic activity and respiratory function in adult mice. Although
the mice tolerated and survived after surgery similarly in both models, C3 hemicontusion
had a more deleterious impact on both diaphragmatic activity and respiratory function,
which were closely correlated. Moreover, we found a significant increase in interburst
diaphragmatic activity in the C3HC model, suggesting impaired contractility. These rodent
C3HC and C6HC injury models induce alterations in respiratory function proportionally to
the level of injury, suggesting that the C3HC model is more appropriate for interventional
studies aiming to restore respiratory function in cSCI.

Mid-cervical contusion models in mice were developed ten years ago by Nicaise and
collaborators [41,42] but have been poorly studied since then due to the small animal
size and challenging surgery procedures. Unilateral models allow for better survival of
animals following surgery and reduce mortality rates. In the present study, we were
interested in comparing two models of mid-cervical hemicontusion, which differ in terms
of their impact on phrenic MNs. Indeed, the C3HC model may, in theory, lead to ipsilateral
denervation below C3 and, hence, to the removal of the whole pool of phrenic MNs,
reducing diaphragmatic activity, while C6HC would allow for preservation of the phrenic
MN pool but may still impact the extra-diaphragmatic muscles involved in respiration.
Our qualitative assessment of NeuroTrace on the lesion site 7 days after C3HC and C6HC
(Figure 1C,D) showed unilateral destruction of neuron cell bodies and white matter in all
animals, suggesting that neuronal conduction below the lesion site may be compromised
in these animals. Moreover, GFAP and Iba1 staining was also limited to the border of the
lesion site, suggesting that the injured tissue at 7 days post-HC was scar fibrotic tissue
without any visible cystic cavities, as opposed to what has previously been observed in
section or contusion in rat models [45–47]. Indeed, a recent study from our group reported
increased expressions of Iba1 and GFAP after C2 hemisection in rats, suggesting that,
similar to hemisection, hemicontusions may also induce recruitment and activation of
microglia, macrophages and astrocytes 7 days post-HC around the lesion site [48].

Furthermore, as shown in Figure 2, both contusion types extended rostro-caudally. As
a result, it is likely that not only does C6HC impact extra-diaphragmatic respiratory muscles
via denervation of the conduction below the site of the lesion (intercostal denervation,
for example), but it may also partly damage phrenic conduction at the C5 MN pool.
Similar extension of the lesion (up to 600 μm) has recently been reported in mice after
C5 hemicontusion [49], although other authors showed that double hemicontusion at C4
and C5 impacted their respective spinal segments [41,42]. Differences between studies
may derive from technical aspects of the impactor device. We used a new pneumatic and
electric system controlling for depth, velocity and dwell time of the impact. Nevertheless,
despite a slight impact on the C5 spinal segment, C6HC caused considerably less damage
to respiratory function than did C3HC.

A primary finding of the present study is the reduction in tidal volume after C3HC
compared to the sham lesion and to C6HC. Our results corroborate previous findings in rats.
Choi et al. previously reported a reduction in VT and VE after C4/5 double hemicontusion
in rats even when considering weight reduction after SCI [37]. Moreover, Warren et al.
previously showed that spinal cord contusion at the C3 level leads to decreased VT under
“normal” breathing conditions at an acute stage, which is similar to the results of our study
(7 days post-surgery), but also at chronic stages up to 3 weeks post-trauma [25]. Recently,
Chiu et al. confirmed that mid-cervical contusion causes a significant reduction in VT that
remains at the chronic injury stage [50]. However, to the best of our knowledge our study
shows for the first time the effect of mid-cervical contusion in a mouse model of C3 injury.
Furthermore, since reduced ventilation was not found after C6HC, i.e., when phrenic MNs
are less damaged (C5 spinal level), the present study strongly suggests that damaged
phrenic MNs are responsible for the reduction in VT volume during resting breathing in
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mice after hemicontusion. Moreover, Bf increased after C3HC. This may be explained by
an attempt to compensate for the reduced VT to maintain VE, as demonstrated in other
studies. Indeed, a similar change in the respiratory pattern (lower VT and increased Bf)
has been reported in rats after C4/5 [37,38]. In our study, this increase was not sufficient
to restore normal ventilation, which was still 20% lower than baseline values (Figure 3).
Of note, C3HC led to a significant reduction in tidal volume compared to C6HC. This
result suggests that the C3HC model has a more deleterious effect on respiratory function
and would, therefore, be a better model to study the effect of SCI on ventilatory recovery
with interventions.

In parallel with reduced respiratory function, C3HC was also associated with altered
diaphragmatic activity. Indeed, we found a greater deficit in diaphragmatic EMG with
a higher injury level, suggesting that less spontaneous recovery occurs after injury. This
may be due to the fact that C3HC induced deafferentation of all the phrenic MNs on the in-
jury side, leading to greater loss of phrenic MN drive and less diaphragmatic contraction on
the injured side. Similarly, C3/C4 contusion in the rat induced permanent hemidiaphragm
paralysis without inducing phrenic MN neuronal loss [51]. Moreover, a previous study
reported permanent diaphragm deficit after C4/5 hemicontusion in mice and showed that
it may last up to 6 weeks post-injury [41]. In addition, these results are similar to those ob-
tained in rat models of C2 hemisection [24,52], suggesting that the C3HC model has effects
comparable to those of the complete unilateral denervation of phrenic MN pools, allowing
for investigation of respiratory function recovery without the potential interference of the
crossed phrenic phenomenon [23,27]. In fact, diaphragm activity and pulmonary volume
were closely related (Figure 5), such that the reduction in VT after C3HC was proportional
to the reduced activity of the injured hemidiaphragm. In other words, VT measurement
could be a good functional marker of reduced diaphragmatic activity 7 days post-injury in
these mice.

Lastly, the increased background noise observed between bursts after C3HC may
reflect a change in phrenic motoneuronal excitability that was not observed after C6HC.
This phenomenon has been previously reported and attributed to phrenic MN desynchro-
nization or even spastic activity on the injured side following cervical C2 hemisection in
mice [26]. Indeed, C3HC interrupts inhibitory projections from the Bötzinger complex
of expiratory neurons [53], which could increase MN excitability, leading to spontaneous
diaphragmatic EMG firing during the expiratory phase. In the present study, the massive
injury induced by the contusion at C3 could have led to a larger inflammatory response
than that of the cervical C2 hemisection, leading to persistent interburst activity compared
to the hemisected animals. In fact, this interburst activity disappeared 7 d post-hemisection
in mice [26]. Longer C3 post-contusion time is needed to confirm this phenomenon and to
better describe the pathophysiological mechanisms.

5. Conclusions

The present study describes for the first time the comparative impact of C3 and C6
hemicontusions on both diaphragmatic activity and respiratory function. Our results sug-
gest that the C3HC model has a more deleterious impact on spontaneous ventilation than
the C6HC model, possibly due to greater damage to phrenic MN pools and diaphragmatic
activity. Further studies are needed to confirm the motoneuronal loss and better explain
the alteration in diaphragmatic activity; however, C3HC seems to be an appropriate model
for interventional studies aiming to restore respiratory function in cSCI. Such models
are critical to investigate respiratory neuroplasticity induced by pharmacological and/or
interventional therapeutics, such as changes in neuronal networks, motoneuron excitability
and synaptic connectivity. From the clinical perspective, this model will help in the iden-
tification of new treatment modalities to enable the restoration of respiratory function in
cervical SCI.
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Simple Summary: Fiber pathways that descend from the brain to the spinal cord drive motor

behavior and modulate incoming sensory signals and the capacity to change (plasticity). A subset

of these fibers release the neurotransmitter serotonin (5-HT), which can affect spinal cord function

in alternative ways depending upon the region innervated and the receptor type engaged. The

present paper examines the dampening (inhibitory) effect of serotonin and how a disruption in this

process contributes to pathophysiology after spinal cord injury (SCI). After briefly reviewing the

underlying anatomy and receptor types, we discuss how damage to serotonergic fibers can enable a

state of over-excitation that interferes with adaptive learning and contributes to the development

of pain, spasticity, and the dysregulation of autonomic function (autonomic dysreflexia). Recent

work has shown that these effects arise, in part, because there is a shift in how the neurotransmitter

gamma-aminobutyric acid (GABA) affects neural transmission within the spinal cord, a modification

that lessens its inhibitory effect. Clinical implications of these results are discussed.

Abstract: As the nervous system develops, nerve fibers from the brain form descending tracts

that regulate the execution of motor behavior within the spinal cord, incoming sensory signals, and

capacity to change (plasticity). How these fibers affect function depends upon the transmitter released,

the receptor system engaged, and the pattern of neural innervation. The current review focuses upon

the neurotransmitter serotonin (5-HT) and its capacity to dampen (inhibit) neural excitation. A brief

review of key anatomical details, receptor types, and pharmacology is provided. The paper then

considers how damage to descending serotonergic fibers contributes to pathophysiology after spinal

cord injury (SCI). The loss of serotonergic fibers removes an inhibitory brake that enables plasticity and

neural excitation. In this state, noxious stimulation can induce a form of over-excitation that sensitizes

pain (nociceptive) circuits, a modification that can contribute to the development of chronic pain.

Over time, the loss of serotonergic fibers allows prolonged motor drive (spasticity) to develop and

removes a regulatory brake on autonomic function, which enables bouts of unregulated sympathetic

activity (autonomic dysreflexia). Recent research has shown that the loss of descending serotonergic

activity is accompanied by a shift in how the neurotransmitter GABA affects neural activity, reducing

its inhibitory effect. Treatments that target the loss of inhibition could have therapeutic benefit.

Keywords: spinal cord injury; monoamines; serotonin; GABA; neuromodulation; pain; autonomic

dysreflexia; spasticity; ionic plasticity

1. Introduction

In early development, neural excitability within the spinal cord is enabled, a process
that fosters the emergence of neural circuits coupled by coherent patterns of activity [1].
Over time, operational modules form that help to organize motor behavior and regulate
the transmission of sensory signals to the brain. As a stable network emerges, inhibitory
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processes develop that limit excitability and plastic potential. Part of this transforma-
tion is tied to a local alteration, attributed to a strengthening of the inhibitory potential
of the neurotransmitter gamma-aminobutyric acid (GABA) [1]. Paralleling this change,
serotonergic fibers from the brain innervate the spinal cord. These projections can have a
neuromodulatory effect that can either facilitate or inhibit neural function depending upon
the region/cellular systems innervated and the receptor systems engaged.

Damage to descending serotonergic fibers can impair motor performance and remove
a homeostatic brake on neural activity that can fuel pathology after spinal cord injury
(SCI). How serotonin (5-HT) modulates motor behavior (e.g., locomotion, respiration) and
regeneration has been amply reviewed elsewhere [2–9]. Likewise, its role in regulating
incoming pain (nociceptive) signals has been well covered [10–12]. The current review
focuses on a different aspect of serotonergic function, how damage to these fiber pathways
contributes to pathophysiology after SCI.

We begin with a brief review of the underlying anatomy, the receptor types engaged,
how these affect neural functions, and the pharmacological tools used to study serotonergic
systems. We then describe how a complete SCI (spinal cord transection) enables neural
activity within the caudal tissue, a state that fosters plasticity. Attenuating inhibition,
this places the spinal cord in a vulnerable state wherein strong noxious stimulation can
sensitize neurons within the dorsal horn, a modification that interferes with adaptive
learning, promotes cell loss when the spinal cord is bruised (contused), and can drive the
development of chronic pain. The loss of serotonergic fibers has also been linked to the
sustained motor activity (spasticity) and the dysregulation of autonomic function. The
latter can allow nociceptive signals to trigger bouts of unregulated sympathetic activity
(autonomic dysreflexia).

New work suggests that the loss of serotonergic activity enables over-excitation within
the spinal cord because it transforms the action of GABA, recapitulating an earlier devel-
opmental state wherein its capacity to inhibit neural excitation is reduced. We discuss the
neurobiological mechanisms that mediate these alterations and how treatments designed
to quiet neural activity after SCI can bring therapeutic benefit.

2. Serotonin Function in the Uninjured Nervous System

2.1. Overview of Descending Pathways and Their Function

Traditionally, serotonergic systems within the rat brain were categorized into groups
(B1–B9) by location, with B1 being the most caudal [13]. For the purposes of this review,
we will focus on the medullary groups (B1–B3) of serotonergic fibers that descend into
the spinal cord [14,15]. For further details on anatomy, see [16–18]. Groups B1 through B3
occupy regions of the raphe pallidus nucleus (B1), raphe obscurus nucleus (B2), and raphe
magnus nucleus (B3). Serotonergic fibers project through the white matter of the spinal cord
and terminate in three main regions: the dorsal horn, ventral horn, and intermediate zone
(Figure 1). Fibers that terminate in the dorsal horn, a region that modulates nociception
and sensory function, are mainly sourced from the raphe magnus nucleus and the adjacent
reticular formation (the rostral ventrolateral medulla, group B3) [14,15,19]. These fibers
travel through the dorsolateral fasciculus (DLF) and terminate primarily in laminae I and
II of the dorsal horn. Motoneurons in the ventral horn (primary lamina IX) receive input
from descending serotonergic fibers from the raphe obscurus and raphe pallidus (groups
B1 and B2) [14]. In the thoracic cord, sympathetic neurons receive descending serotonergic
inputs that are sourced from the ventrolateral medulla (group B3) [14].
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Figure 1. Serotonin (5-HT), noradrenaline, and dopamine projections to the spinal cord.

2.1.1. Regulation of Sensory Processes and Pain

The prominent sources of serotonergic efferents for nociception are the rostral ven-
tral medulla (RVM) and the raphe magnus nucleus [14,15,20]. Within the dorsal horn,
serotonergic fibers are most dense in the superficial laminae of the dorsal horn (laminae
I and II) but the deeper laminae (IV–VI) also display serotonergic terminals [21,22]. Tra-
ditionally, modulation of nociception within the dorsal horn has been considered mainly
inhibitory [23,24]. However, more recent data examining the effect of engaging alternative
classes of 5-HT receptors suggest bidirectional modulation of nociception [16]. From this
new perspective, it is not expected that engaging neurons within the raphe magnus or the
rostral ventral medulla will necessarily induce antinociception. The outcome observed
varies across stimulus parameters and both hyperalgesia and analgesia can be elicited
by RVM stimulation [25–29]. Similarly, Ren and colleagues found that engaging vagal
afferents projecting to the RVM could trigger facilitation or inhibition of nociception [30,31].
More recent reports have found specific “ON-cells” and “OFF-cells” in the RVM and raphe
magnus that drive the facilitation and inhibition of pain, respectively [32,33].

Whether 5-HT has an antinociceptive or pronociceptive effect depends in large mea-
sure upon the receptor type engage (Tables 1 and 2). 5-HT1A/B/D and 5-HT7 are primarily
antinociceptive while 5-HT2 and 5-HT3 are pronociceptive [34]. It is important to note that
this grouping is general and that there is evidence for both anti- and pro-nociception for
several of these receptors.
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Table 1. Distribution and function of alternative 5-HT receptors (SC = spinal cord; SCI = spinal cord
injury; DRG = dorsal root ganglion).

Receptor Receptor Type Location in SC Normal Function Function after SCI

5-HT1

1A

Gi/o

Primarily in laminae I and II
[35]; Cell bodies in dorsal

and ventral horns and
intermediate zone [36–38]

Antinociception [39,40];
Pronociception [41,42];

Enhances motoneurons [43];
Micturition reflex

facilitation [44–49]; Inhibits
motor function [50,51]

Locomotor recovery [52–54];
Antinociception [39]

1B
Intermediate zone [35,55];

Dorsal horn (laminae I and
IV) [35,55,56]

Antinociception [40,57]
Mitigating spasms [58];

Inhibits mono- and
polysynaptic reflexes [58,59]

1D
Superficial dorsal horn

[60,61]; γ motoneurons in
ventral horn [62]

Antinociception [57];
Inhibits monosynaptic

reflexes [63]

Inhibits bladder activity
[64]; Inhibits mono- and

polysynaptic reflexes [65]
1E
1F DRG [66] Antinociception [67,68] Mitigating Spasms [58]

5-HT2

2A

Gαq

Laminae II and II of dorsal
horn [69]; Ventral horn [70]

Antinociception [71,72];
Pronociception [40,73,74];
Protects adaptive learning

[75]; Sexual behavior [76,77];
Micturition reflex

facilitation [78,79]; Motor
function [50,51,80–82]

Functional motor recovery
[83,84]; Respiratory

recovery [85]; Bladder
recovery [79]

2B
Dorsal horn [86]; DRG

[86,87]; Motoneurons [88]
Pronociception [86,87,89]

Functional motor recovery
[83]; Mitigates spasms

[83,90]; Respiration [88]

2C
Most parts of spinal gray

(except lamina II) [91] and
superficial dorsal horn [92]

Spinal reflexes [93]; Inhibit
motor activity [94];

Micturition reflex inhibition
[78,79,95,96]

Functional motor recovery
[83,97]; Mitigates spasms

[83,90]

5-HT3

3A

Ligand-gated ion
channel

In spinal gray matter [91,98];
Laminae VI through X in

dorsal horn [91]; DRG [99]

Pronociception [40,100,101];
Antinociception [102,103];

Micturition facilitation [104]
Motor recovery [105]

3B
3C
3D
3E

5-HT4 GαS Ventral horn [106]
Pronociception [107];

Micturition reflex
facilitation [45]

Locomotor recovery
[54,108,109]

5-HT5
5A

Gi/o
Laminae I and II of dorsal

horn [110]
Antinociception [111,112];
Micturition function [110]

5B
Not expressed in humans

[113]

5-HT6 GαS
Superficial dorsal horn and
lamina IX [114]; DRG [115]

Pronociception [116]

5-HT7 GαS
Superficial laminae [117];

Laminae VII and VIII [118]

Pronociception [119,120];
Antinociception [120,121];

Micturition reflex
facilitation [122,123]; Motor

function [51,81,82,124]
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Table 2. Common serotonergic agonists and antagonists.

Receptor Agonists Antagonists Non-Selective Agonists
Non-Selective
Antagonists

5-HT1

1A
8-OH-DPAT (5-HT1A/7)
[125]; Diprpyl-5-CT and

Gepirone [126]

WAY-100635 [127]; BMY
7378, NAN-190, MDL
75005 EF; SDZ 216525
[126]; NAD-299 [49]

Propranolol [116];
Spiperone and Pindolol

[126]

1B
TFMPP and mCPP [128];
L-694247, RU 24969 [129],

5-CT, CP 93129 [126]

Quipazine [128],
Methiothepin, SB-244289

and SB-216641 [126]

1D Gr-46611 [130]
BRL-15572 [126,130];

Ketanserin and
Ritanserin [126]

1E

1F
Lasmiditan (COL-144;

LY573144) [68]; LY344864
and LY334370 [126]

5-HT2

2A
DOI (5-HT2A/2C) [131];
TCB-2 [71]; Quipazine

[132]

Ketanserin; Ritanserin
(5-HT2A/2c) [133]; MDL
100907, SB 200646A, SB

206553 [126]
DOM [134]; SB 200646

(5-HT2B/2C) and SB
206553 (5-HT2B/2C) [126]

Ketanserin [116];
Methysergide (5-HT1/2)

[135]
2B

α-methey-5-HT [136]; SB
204741, Yohimbine [126]

RS-127445 [95]; SB
204741 [126]

2C
MK-212 [130];

WAY-161503 [71];
RO-600175 [96]

D-MC-5-H-dibenzo
[130];

N-desmethylclozapine
[71]; SB-242084 [96,126],

RS-102221 [126]

5-HT3

3A
SR-57227 [137];

2-methyl-5-HT [134]; PBG
[126]

Ondansetron (Zofran3),
Alosetron [138],

Granisetron, Tropisetron,
MDL 72 222 [126]

Tropisetron [116]
3B
3C
3D
3E

5-HT4
GR 113808 and SB204070

[126]

5-HT5
5A
5B

5-HT6 EMD-386088 [117]

SB-271046 [139];
SB-399885, SB-258585

[116]; Ro 04-6790 and Ro
63-0563 [126]

5-H71
LP-211 [140]; E-57431,

AS-19 [141]; E-55888 [142]

SB-269970 [119,143];
SB-656104 [140];

SB-258719 [141,142];
LP44 [123]

Work suggests that 5-HT1A suppresses nociception by post-synaptically blocking dor-
sal horn neuronal activity [144–149]. There are also reports of 5-HT1A receptor involvement
in pronociception [41,42]. 5-HT1B/D receptors, on the other hand, appear to only have an
antinociceptive effect [40,57]. 5-HT7 receptors have multiple effects in modulating noci-
ception depending on the physiological condition of the organism and the location of the
receptors. In healthy rats, 5-HT7 receptor agonists exert a pronociceptive effect [121]. In
neuropathic conditions however, 5-HT7 receptor agonists have an antinociceptive effect
at the level of the spinal cord and pronociceptive effects at the periphery [120,121]. When
agonists are administered systemically, however, the antinociceptive effect predominates
over the pronociceptive effect in the periphery [120].
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Pronociception is primarily mediated by 5-HT2A/B and 5-HT3 receptors. Similar to
5-HT1A receptors, there is evidence of both pronociception [40,73,74] and antinociception
from 5-HT2A receptors [71,72]. Unlike 5-HT2A receptor, 5-HT2B receptors appear to have
only a pronociceptive effect [86,87,89]. While 5-HT3 receptors have also been characterized
as pronociceptive [40,100,101], there are reports of antinociceptive actions [102,103].

2.1.2. Regulation of Motor Behavior

It is well recognized that 5-HT also regulates locomotion and motor behavior [54,132,150–158].
For reviews, see [159,160]. For motor control, 5-HT pathways originate from the B1 and B2
regions of the medulla and project to the motoneurons and interneurons in laminae VII
and VIII of the spinal cord [118,161–163]. The two main receptors that facilitate locomotion
are 5-HT2A [50,51,80–82] and 5-HT7 [51,81,82,124,164]. 5-HT1A and 5-HT2C, however, are
associated with inhibition of locomotor activity [50,51,94]. Importantly, 5-HT is also heavily
involved in the neuromodulation of central pattern generator (CPG) activity [2,108,154].
Indeed, after SCI, CPG activity can be re-elicited by targeting 5-HT [54,84,165–167].

2.1.3. Regulation of Autonomic Function

There are five major brain regions that modulate sympathetic function: the rostral ven-
tromedial medulla, the rostral ventrolateral medulla (RVLM), the caudal raphe nucleus, the
A5 region of the brainstem, and the periventricular nucleus of the hypothalamus [168–171].
Descending supraspinal vasomotor fibers that innervate sympathetic preganglionic neu-
rons (SPNs) express numerous neurotransmitters including amino acids, catecholamines,
and neuropeptides. Notably, serotonergic and noradrenergic inputs to SPNs are sourced
from the caudal raphe nuclei and the A5 region of the RVLM, respectively [170]. These
regions send projections to SPNs in the intermediolateral cell column throughout the T1-L2
segments of the spinal cord and regulate sympathetic outflow [172–174]. The RVLM is
the primary source of input to supraspinal vasomotor pathways in the spinal cord that
regulate cardiovascular function [175,176]. These fibers terminate in the dorsal and lateral
funiculi in the spinal cord [177–179]. While sympathetic postganglionic fibers are driven by
neurons from the T1-L2 region of the spinal cord innervate blood vessels throughout the
body, the heart is innervated by SPNs innervated by neurons from the T1-T4 region of the
spinal cord. Damage to this region can remove a regulatory brake on autonomic function,
enabling the emergence of autonomic dysreflexia (AD) [18].

5-HT also affects parasympathetic function, an effect that is largely mediated by 5-
HT1A receptors. These signaling pathways have been implicated in parasympathetic
control of respiration [180,181], heart rate [182–186], and micturition [44–49]. Other
5-HT receptors have been associated with micturition facilitation (5-HT2A, 5-HT3, 5-
HT4, 5-HT7) [45,78,79,104,122], inhibition (5-HT2C) [78,79,95,96], and general function
(5-HT5) [110].

2.2. Overview of How 5-HT Affects Neural Function within the Spinal Cord

The functional consequences of engaging alternative 5-HT receptors vary with the
mechanism engaged and location within the spinal cord (Table 1). The 5-HT1 and 5-HT5 re-
ceptor families are negatively coupled to adenylyl cyclase through Gi/o-proteins. Their acti-
vation leads to decreased production of cyclic adenosine monophosphate (cAMP), which ul-
timately leads to an inhibitory effect on neuronal firing [17,126,138]. The Gi/o receptor types
are mainly found within the superficial dorsal horn of the spinal cord [35,55,56,60,61,110].
Other locations include the intermediate zone (5-HT1B) [35,55], ventral horn (5-HT1D) [62],
and dorsal root ganglia (DRG) (5-HT1F) [66].

The 5-HT2 receptor family is positively coupled (via Gq proteins) to phospholipase C,
which activates protein kinase C (PKC) and leads to increased accumulation of intracellular
Ca2+. This class of receptors has an excitatory influence on neuronal activity. 5-HT2
receptors are primarily found within the spinal cord dorsal horn [69,86,91,92], with some
expression in the ventral horn [69,70,88,91] and DRG (5-HT2B) [86,87] as well.
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5-HT4, 5-HT6, and 5-HT7 receptors are positively coupled (via GαS proteins) to adeny-
lyl cyclase, which, through protein kinase A, leads to an inactivation of K+ currents, exerting
an excitatory effect on neuronal activity. The GαS receptor family is primarily distributed
in the ventral horn of the spinal cord [106,114,118]. 5-HT6 and 5-HT7 can also be found in
the dorsal horn [114,117] and 5-HT6 can also be found in the DRG [115].

Lastly, 5-HT3 receptors are exceptional to the 5-HT receptor family in that they are the
only receptors that are ligand-gated and cation-permeable [17,187]. Upon activation, they
enhance phospholipase C activity and facilitate neuronal excitability. 5-HT3 can be found
throughout the spinal gray matter [91,98] and the DRG [99].

3. Impact of SCI on 5-HT Function

3.1. Impact of Injury on 5-HT Levels

5-HT response to SCI has been extensively studied (for review, see [83]). While the
specific time course varies with species and SCI model, destruction of 5-HT fibers can induce
an upregulation of 5-HT receptor expression that may last up to 3 weeks [92,156,188–196],
with some reporting an extended effect sustained for 6 weeks [197] to 8 weeks [36]. Levels
usually return to normal within 60 days [189,193] or earlier [198]. Higher levels have been
reported within a few hours of injury [156,196,199] and after 24 h [192]. The upregulation
of 5-HT, or its major metabolite (5-HT1AA), is associated with edema, increased vascular
permeability, and decreased spinal cord blood flow [199,200].

After the initial increase, 5-HT levels decline [201,202]. Faden et al. examined 5-HT fiber
immunoreactivity after a moderate to severe injury in rats [203]. After a severe injury, there
was a near complete loss of 5-HT immunoreactivity within the lumbar spinal cord two weeks
after injury, which was associated with severe spastic paraparesis (a decline in the capacity to
move the hind legs accompanied by increased muscle tone and stiffness). In the moderately
injured animals, they found a complete loss of staining in the dorsal horn and reduced staining
in the ventral horn. In line with this less severe decrease of immunoreactivity, the rats showed
moderate, spastic paraparesis. They concluded that loss of 5-HT fibers correlated with the
severity of the SCI. Not surprisingly, motor scores were significantly correlated with changes
in 5-HT staining in the ventral horn but not in the dorsal horn. This was attributed to the fact
that the SCI significantly damaged the fibers in the dorsal region and that these fibers are
linked to antinociception rather than motor function.

On the other hand, Saruhashi and colleagues reported that the recovery of seroton-
ergic fibers correlates with gains in functional performance [204,205]. In a hemisection
model [205], they found that 5-HT immunoreactive (5-HT+) fibers show increased ex-
pression in the ipsilateral cord after 4 weeks and that this predicts the time course and
extent of locomotor recovery. The authors suggest the increased expression to be evidence
of re-innervation. Similarly, in a later study [204], they found that an increase in 5-HT
transporter terminal expression in the lumbosacral ventral horn also significantly correlates
with locomotor recovery. Hashimoto, in 1991, found that 5-HT and norepinephrine (NE)
are significantly correlated with neurologic score 14 days post-injury and thus suggest that
they both participate in functional recovery [206]. Due to the disparate activity of 5-HT
within the cord at different phases of injury, it is possible that 5-HT neurons have distinct
roles in the progression of neural damage in the immediate phases of injury and in the
recovery of function in the chronic phase of injury.

3.2. Acute Effects of Impaired Serotonergic Activity

3.2.1. Descending Serotonergic Fibers Can Quell Nociceptive Sensitization

Damage to descending serotonergic fiber tracts will reduce 5-HT release independent
of variation in presynaptic transmitter levels. The acute effect of damage to descending
pathways on neural function within the lumbosacral spinal cord has been studied using a
full thoracic transection, providing evidence that 5-HT release maintains a brake on neural
activity within the dorsal horn that counters the development of over-excitation.
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Work in this area was fueled by studies examining the effect of driving nociceptive
input to the lumbosacral spinal cord after brain function was disrupted (e.g., by decer-
ebration) or communication with the brain was blocked (by means of a rostral thoracic
transection). Under these conditions, electrical stimulation of the sciatic nerve at an inten-
sity that engages myelinated (delta) and unmyelinated (c) nociceptive fibers can induce a
state of over-excitation within the lumbosacral dorsal horn [207]. Peripheral application of a
chemical irritant (e.g., formalin) has a similar effect [208]. This phenomenon is often studied
using the irritant capsaicin, which engages nociceptive fibers that express the transient
receptor vanilloid 1 (TRPV1) receptor [209]. Treatment with capsaicin induces a lasting
increase in neural excitability within the dorsal horn [210–212], a form of central sensitiza-
tion [211]. At a cellular level, central sensitization within the spinal cord is correlated with
increased expression of the immediate early proto-oncogene c-fos and the phosphorylation
of the protein extracellular-signal-regulated kinase (pERK) [213]. At a behavioral level,
nociceptive sensitization can transform how animals respond to light touch, leading to a
withdrawal response when mechanical receptors are stimulated using calibrated (von Frey)
filaments [214]. This alteration is of particular interest because it parallels the development
of pain to touch (allodynia), a feature of neuropathic pain.

Interest in nociceptive sensitization was fueled by the observation that exposure to
noxious stimulation can have a lasting effect, suggesting it may contribute to the mainte-
nance of chronic pain [215]. Further work revealed that this memory-like effect depended
upon signal pathways implicated in brain-dependent learning and memory, such as the N-
methyl-D-aspartate (NMDA) receptor (NMDAR), calcium/calmodulin-dependent protein
kinase II (CaMKII), and the trafficking/activation (phosphorylation) of α-amino-3-hydroxy-
5-methyl-4-isoxazolepropionic acid (AMPA) receptors [210]. The link to brain-dependent
learning and memory was further supported by work demonstrating that nociceptive
stimulation can induce a form of long-term potentiation (LTP) within the dorsal horn and
that this effect too depends upon the NMDAR [215,216]. Interestingly, nociceptive stimula-
tion induces long-term depression (LTD) rather than LTP if the spinal cord is intact [217],
implying that descending fibers normally inhibit the development of LTP.

Additional work revealed that brain systems inhibit the development of LTP within
the dorsal horn via serotonergic fibers that descend through the dorsolateral funiculus
(DLF), which inhibit nociceptive activity by engaging 5-HT1A receptors [148,207,218–222].
This inhibitory effect has been related to the downregulation of adenylate cyclase and
enhanced flow of K+ out of the cell [223]. Engaging the 5-HT1A receptor can also counter
the development of spinally mediated LTP by depressing voltage-dependent Ca2+ channel
activity, which attenuates postsynaptic Ca2+ influx [148].

Recent work has shown that descending serotonergic systems also inhibit the develop-
ment of spinally mediated nociceptive sensitization in response to treatment with capsaicin.
Supporting this, Huang et al. (2016) showed that both behavioral (enhanced mechanical
reactivity) and cellular indices of sensitization are amplified when communication to the
brain is cut by means of a rostral thoracic (T2) transection [224]. Here too, the quieting effect
was linked to serotonergic fibers that descend thru the DLF [127]. Supporting this, rostral
cuts limited to the DLF fostered the development of nociceptive sensitization within the
lumbosacral spinal cord. In animals that had undergone a complete transection, intrathecal
(i.t.) application of 5-HT1A agonist (8-OH-DPAT) to the lumbosacral region countered the
development of nociceptive sensitization. Conversely, i.t. application of a 5-HT1A antago-
nist (WAY-100635) in intact animals allowed nociceptive sensitization to develop. Taken
together, the results suggest that descending 5-HT fibers normally quell the development of
nociceptive sensitization, suggesting that this phenomenon may play a limited role in the
maintenance of chronic pain in the absence of injury and/or inflammation. The corollary
to this is that nociceptive sensitization is especially relevant to the emergence of chronic
pain after SCI.
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3.2.2. Only Uncontrollable Stimulation Induces Nociceptive Sensitization

Further work revealed that the development of nociceptive sensitization within the
spinal cord is modulated by behavioral control [225]. Behavioral control was introduced
by applying noxious stimulation to one hind leg (via electrodes implanted in the tibialis
anterior muscle) whenever the limb was extended [226]. Under these conditions, animals
soon learn to maintain the leg in a flexed position, which minimizes exposure to noxious
stimulation, a form of learning known as instrumental conditioning [227]. Subsequent work
revealed that this learning involved an intraspinal modification and the NMDAR [228,229].

To show that introducing behavioral control mattered, animals in a second group
were experimentally coupled (yoked) to those with behavioral control (master) [226]. Each
animal in the yoked condition received electrical stimulation (shock) at the same time,
and for the same duration, as its master partner but independent of leg position. Yoked
rats that received this uncontrollable stimulation did not exhibit an increase in flexion
duration—they failed to learn. Furthermore, they failed to learn when subsequently tested
with controllable stimulation applied to the opposite leg, implying that treatment with
uncontrollable stimulation induces a kind of learning deficit. Subsequent work showed that
exposure to just 6 min of intermittent electrical stimulation applied in an uncontrollable
stimulation impairs learning for up to 48 h [230].

Further research suggested that uncontrollable stimulation interferes with learning
because it induces a state of over-excitation within the spinal cord, a form of nocicep-
tive sensitization that saturates NMDAR-mediated plasticity and thereby interferes with
the capacity to modify selective behavioral responses. Supporting this hypothesis, expo-
sure to uncontrollable, but not controllable, electrical stimulation enhances reactivity to
mechanical stimulation [231,232]. Furthermore, treatments that induce central sensitiza-
tion (e.g., application of the irritants formalin, carrageenan, capsaicin) impair adaptive
learning [231–233]. This learning impairment has been linked to an upregulation of the pro-
inflammatory cytokine tumor necrosis factor (TNF) and the trafficking of Ca2+ permeable
AMPARs [234,235].

3.2.3. Uncontrollable Stimulation Increases Tissue Loss and Impairs Recovery after a
Contusion Injury

Because over-excitation after SCI can foster cell death [236], exposure to noxious
stimulation could increase tissue loss (secondary injury). This is clinically important
because many injuries are accompanied by additional tissue damage (polytrauma) and
invasive surgery is often needed to relieve pressure at the site of injury. To explore these
issues, rats received a bruising (contusion injury) to the lower thoracic spinal cord using a
surgical impactor. Nociceptive fibers were engaged the next day by exposing animals to
intermittent electrical stimulation to the tail or the irritant capsaicin applied to one hind paw.
Both treatments impaired long-term behavioral recovery [237,238]. Importantly, noxious
electrical stimulation only impaired behavioral recovery if given in an uncontrollable
manner [237]; stimulation had no effect when animals had behavioral control. Further
analyses revealed that noxious stimulation increased the area of tissue loss at the site of
injury and that this effect was related to increased expression of TNF [237,239]. Noxious
stimulation also engages interleukin-1 beta (IL-1ß), IL 18, and signals related to cell death
(caspase 1, 3, and 8) [238,239].

While it is not known whether 5-HT can counter the acute adverse effect nocicep-
tive stimulation has on recovery, there is evidence that targeting spinal 5-HT soon after
injury can improve cell survival and reduce neural damage. Bharne et al. found that
giving spinally injured mice a 5-HT antagonist (ritanersin) and an alpha-melanocyte stim-
ulating hormone resulted in reduced demyelination, necrosis and cyst formation, and
improved locomotor recovery [240]. Administration of the SSRI fluoxetine after SCI had a
5-HT-dependent modulatory effect on matrix metalloproteinase-9 (MMP-9) activation that
lessened hemorrhage and the breakdown of the blood-spinal cord barrier (BSCB) [241]. The
drug also improved long-term locomotor recovery. In a later publication [242], they found
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that fluoxetine alleviates cell death (oligodendrocyte cell death) by inhibiting microglial
activation after SCI.

3.2.4. Descending 5-HT Fibers Help Preserve the Capacity to Learn

Consistent with prior work, exposure to uncontrollable stimulation does not induce a
spinally mediated learning impairment in the absence of injury [75]. In these experiments,
rats were given uncontrollable intermittent electrical stimulation to the tail using a computer
program that emulated the variable pattern produced by an animal that had behavioral
control (master). As previously reported, Crown et al. showed that noxious stimulation
induced a learning impairment in animals that had received a rostral (T2) transection [230].
However, when the same amount of stimulation was given prior to T2 transection, it had
no effect on spinal function, implying that brain-dependent processes normally act to
preserve the capacity for adaptive learning to enable selective modifications within the
spinal network. Interestingly, inhibiting brain processes with the anesthetic pentobarbital
had an effect analogous to spinal transection, allowing noxious stimulation to induce a
learning impairment [243]. This observation is clinically important because it suggests
that nociceptive signals during medical procedures under anesthesia may adversely affect
spinal function.

Here too, brain systems counter the adverse effects of uncontrollable stimulation via
serotonergic fibers that descend in the DLF to engage the 5-HT1A receptor [75]. Supporting
this, noxious stimulation induced a learning impairment in animals that had spinal injuries
limited to the DLF. Replacing 5-HT via intrathecal (i.t.) application of a 5-HT1A agonist
(8-OH-DPAT) blocked the adverse effect uncontrollable stimulation has on learning in
transected rats. Conversely, when uninjured rats were given a 5-HT1A receptor antagonist
(WAY 100635 i.t.) prior to spinal transection, uncontrollable stimulation induced a spinally
mediated learning impairment [75]. The observation that engaging the 5-HT1A receptor
can have a protective effect is consistent with other work demonstrating that 8-OH-DPAT
attenuates NMDA mediated overexcitation and cell death [244] and inhibits NMDA evoked
intracellular signaling cascades in vitro [245].

Taken together, research suggests that engaging nociceptive fibers can induce a form
of maladaptive plasticity after SCI that impairs long-term recovery [246,247]. These adverse
effects are modulated by behavioral control and brain systems which exert a protective
effect via descending serotonergic fibers [225].

3.2.5. Behavioral Control and Brain-Derived Neurotrophic Factor (BDNF) Counter the
Adverse Effects of Noxious Stimulation

Work by Crown et al. revealed that introducing behavioral control does more than
counter the immediate (acute) effects of nociceptive stimulation; it engages a lasting pro-
tective effect that blocks the development of a learning impairment when animals are
subsequently exposed to uncontrollable stimulation [248]. It also counters the development
of capsaicin-induced nociceptive sensitization [232]. In addition, after a learning impair-
ment has been induced by exposure to uncontrollable stimulation, it can be reversed by
training animals with controllable stimulation (in the presence of a drug that temporarily
blocks the expression of the learning deficit) [248].

These protective/restorative effects have been related to an upregulation of BDNF [249,250].
Supporting this, the beneficial effect of training is blocked by i.t. application of an im-
munoglobulin (IgG) for the tropomyosin receptor kinase B (TrkB) receptor (TrkB-IgG) that
sequesters BDNF. Conversely, i.t. application of BDNF can substitute for behavioral training
to prevent the induction and expression of the learning deficit [250]. Application of BDNF
to the lumbosacral region also counters behavioral and cellular signs of capsaicin-induced
nociceptive sensitization [251]. Likewise, exercise and locomotor training increase the ex-
pression of BDNF [252,253] which attenuate behavioral signs of chronic pain and spasticity
after injury [254,255].
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The results reviewed above suggest that BDNF has a restorative effect after SCI.
These findings stand in contrast to other work that suggests BDNF contributes to the
development of nociceptive sensitization in uninjured animals [256–259], an effect that
has been related to inflammation and the activation of microglia [260]. The implication
is that BDNF can have a bidirectional effect on neural excitability and plasticity. This
may help maintain the balance between excitatory and inhibitory transmission, providing
a kind of autoregulatory homeostasis [261–263]. This suggests that the effect of BDNF
on spinal cord function depends upon factors related to neuronal injury and the overall
state of neural excitation [264,265]. After injury, when the effect of nociceptive stimulation
on neuronal excitation is amplified, BDNF has a quieting effect; in the absence of injury,
activity-dependent BDNF release may promote nociceptive sensitization. It is not currently
known whether this transformation of BDNF function is tied to factors related to the cellular
context in which it acts (e.g., cellular signals tied to the general level of neural excitation
(e.g., intracellular Ca2+ concentration)), or the presence/absence of descending fibers (and
cellular signals engaged by these pathways). It has been suggested [266] that the switch in
BDNF function is related to the expression of phospholipase C (PLC), an effector of 5-HT
receptor activation; when PLC is present, BDNF promotes neural excitation, whereas in its
absence BDNF has a quieting effect. Supporting this, Garraway et al. showed that BDNF
promotes neural excitability in the presence of PLC [267]. The hypothesis also predicts
that treatments that engage PLC should promote the development of over-excitation and
impair adaptive learning in spinally transected animals. As predicted, treatment with
an agonist dihydroxyphenylglcine (DHPG) for the metabotropic glutamate receptor 1
(mGluR1), which engages PLC, induces a learning impairment [268].

Taken together, the results suggest that uncontrollable and controllable stimulation
have opposing effects on spinal cord plasticity; the former disables the capacity to learn
whereas the latter has an enabling effect. Because these effects involve the modulation
of plasticity (the plasticity of plasticity), they have been characterized as forms of meta-
plasticity [127,269]. The same could be suggested for descending serotonergic fibers that
modulate plastic potential within the dorsal horn [148].

3.3. Long-Term Effects of Impaired Serotonergic Activity

3.3.1. Damage to Serotonergic Pathways Promotes the Development of Neuropathic Pain

Further work has detailed the long-term consequences of damage to 5-HT fibers,
which can dysregulate nociceptive transmission and foster the development of neuropathic
pain. Work in SCI models of neuropathic pain has shown that serotonergic fibers respond
differentially to injury depending on the location. Bruce et al., in 2002, examined serotoner-
gic structural changes after a clip-compression injury (T12) in rats and found that tactile
allodynia and hyperalgesia are associated with a reduction in serotonergic fibers caudal
to the injury [270]. These findings are supported by other work that linked below-level
allodynia to the loss of descending 5-HT fibers after SCI [271]. However, Bruce et al. also
found an increase in immunoreactivity for serotonergic fibers rostral to the injury, raising
the question of whether the development of pain is due to the increase in faciliatory fibers
or the loss of inhibition. Continuing the work of Bruce et al., Oatway and collaborators
have found that 5-HT3 receptors (5-HT3R), known for being pronociceptive in pain trans-
mission, facilitate at-level mechanical allodynia after a thoracic SCI [272]. They attribute
this effect to the increase in 5-HT fibers immediately rostral to their T13 compression injury.
Furthermore, Chen et al. found that a sustained delivery of a 5-HT3 receptor antagonist,
given intravenously over multiple days, reduces at- and below-level mechanical allodynia
in rats with thoracic SCI [273].

Outside of SCI, injury to the peripheral nervous system (PNS) can lead to similar
adverse effects within the dorsal horn. Sprouting of descending serotonergic fibers in the
dorsal horn that modulate nociceptive transmission has been found in models of afferent
nerve injury [35,274] and traumatic brain injury (TBI) [275].
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3.3.2. Damage to Serotonergic Pathways Fosters Spasticity

Spasticity after SCI is a product of overactive, unregulated motor neurons within the
spinal cord that create muscle spasms. Weeks after disconnection from supraspinal input,
spinal motoneurons compensate for the loss of 5-HT by transitioning into an excitable
state, easily responsive to excitatory transmitters such as glutamate [276–279]. This leads to
the activation of 5-HT receptors that facilitate sustained firing of voltage-gated persistent
Ca2+ and Na+ currents (also called persistent inward currents, PICs) and cause muscle
contractions [280]. PICs and spasms are easily triggered by innocuous stimuli such as
touch or muscle stretching [281]. Murray et al. [58,90,97] showed that this effect is due
to the activity of 5-HT2 receptors. Supporting this, they found that tail spasms in rats
after chronic transection injury are associated with constitutively active 5-HT2 receptors.
Furthermore, administration of a 5-HT2 inverse agonist SB206553 (cyproheptadine) de-
creased the magnitude of the PICs and reduced the spasms in the rats. In the follow-up
studies, they found that 5-HT2B and 5-HT2C receptors are responsible for the facilitation
of motoneuron PICs [90]. Interestingly, they also demonstrated that 5-HT1B/1F agonists
can restore serotonergic inhibition of sensory transmission without affecting motoneuron
function [58]. The authors showed that the pharmacologic control of 5-HT2 PICs is clinically
relevant by administering the inverse agonist to spinally injured humans with evoked leg
muscle spasms [97]. The drug significantly decreased muscle spasms. A subsequent study
replicated the prior observation that cyproheptadine decreases CaPICs and showed that
a serotonin reuptake inhibitor increased spastic muscle activity, further supporting the
hyperactivity of 5-HT receptors [282]. The authors stress caution in choosing the dose of
the drugs to preserve residual function of the motoneurons. When given at a high dose,
cyproheptadine dramatically reduced weight support in rats with a staggered hemisec-
tion [97]. In addition, low doses of cyproheptadine have been shown to improve locomotor
function in human SCI patients [283].

3.3.3. Damage to Serotonergic Pathways Fosters Autonomic Function

Sympathetic dysfunction, in the form of blood pressure and cardiac impairment, is a
prevalent comorbidity in SCI patients with high thoracic injuries. It often takes the form
of a condition known as autonomic dysreflexia (AD), characterized by acute bouts of hy-
pertension and bradycardia induced by innocuous or nociceptive stimuli below the injury
(such as bladder or colorectal distension). It is well known that descending monoaminergic
fibers are involved in spinal sympathetic regulation; spinal 5-HT1A/2A receptors regulate
blood pressure [284–287], activation of descending 5-HT axons produce elevations in arte-
rial pressure [288], and adrenal receptors are involved in cardiac dysfunction induced by
AD [289]. AD often occurs as a result of the loss of descending sympathetic fibers above
the T6 region [18]. Loss of high thoracic supraspinal input can lead to the development
of unmodulated sympathetic reflexes and decreased vasomotor tone that results in signif-
icant unregulated changes in blood pressure and heart rate that can be life threatening.
Additionally, AD is associated with maladaptive fiber sprouting [290,291] and anatomic
reorganization [292–296].

Loss of serotonergic fibers can foster the development of AD. In a rat model of severe
SCI, it was found that a decline in 5-HT+ fibers located in the intermediolateral cell column
of the spinal cord was associated with the severity of AD [297]. Intrathecal administration
of a 5-HT2A agonist restored resting mean arterial pressure (MAP) and blocked the colon
distension-induced AD while a 5-HT2A antagonist (ketanserin) had no effect on hyper-
tension [297]. The serotonergic fibers were further characterized in a study in 2013 that
examined axon regeneration using biotinylated dextran amine (BDA) injected into the
rostral ventrolateral medulla to anterogradely trace the vasomotor pathways [179]. The
authors observed localized labeling within the DLF throughout the cervical and thoracic
spinal segments and, surprisingly, within the ventral white matter. A T4 hemisection that
disrupted DLF fibers did not abolish the labeling or result in hemodynamic dysfunction.
Only a complete bilateral transection injury that disrupted all supraspinal vasomotor path-
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ways promoted the development of AD. In a subsequent study, the authors attempted to
restore basal cardiovascular functions by injecting either brainstem-derived neural stem
cells or spinal cord-derived neural stem cells into the T4 transection site [298]. While they
found that both grafts mitigated AD, only the brainstem-derived cells displayed axonal
growth and functional innervation. Additionally, graft-derived catecholaminergic and
serotonergic neurons extended from the injury site and formed synaptic connections with
the surrounding host tissue, suggesting that the regeneration of these fibers contributed to
the cardiovascular functional recovery. Significant re-innervation was also observed when
5-HT+ neuron-enriched embryonic raphe nucleus-derived neural stem cells were grafted
into the lesion site of T4 transected rats [299]. Functional innervation of serotonergic circuits
regulating autonomic activity was associated with restored MAP and the alleviation of
naturally occurring as well as artificially induced AD. These effects were mediated by the
activity of the 5-HT2A receptor, evidenced by the reversal of the grafting treatment with the
5-HT2A antagonist, ketanserin. Lastly, in a study examining the effects of 5-HT2A receptors
and dopamine receptors in a rat model of AD, it was found that only 5-HT2A receptor
blockade restored hemodynamic parameters [300].

Recent studies have shown that AD after SCI is associated with cardiac dysfunction,
in the form of unregulated heart rate and reduced contractility. A study in 2020 compared
cardiovascular outcomes after a T2 transection or C6 transection in rats [301]. It was found
that hemodynamic function and cardiac outcomes were different after 12 weeks based on
the location of injury. The authors reported that C6-injured rats display hypertension and
bradycardia while the T2 transected rats exhibit tachycardia. Relative to T2 transected
rats, the C6 transected rats had reduced sympathetic tonus support to maintain arterial
blood pressure. These results shine a light on the variability of AD symptoms found in
human patients that differ in injury location and severity. In a study specifically examining
cardiac function as a response to AD, spinally transected rats (T3) were given repeated
episodes of AD 2 weeks after injury to allow for normal secondary injury mechanisms to
occur. Repetitively induced AD resulted in significant cardiac dysfunction evidenced by
reduced basal contractility and the desensitized β-adrenergic receptors. The desensitization
of the β-adrenergic receptors was surprising because other studies find that AD increases
sensitivity [289]. The desensitization could be attributed to the repeated induction of AD as
well the increased circulating catecholamines that occur during episodes of AD [302,303]. A
similar pattern of cardiac dysfunction was observed in human SCI patients with recurring
episodes of AD. With the increased risk of heart disease in SCI patients [304,305], these
results could indicate a link between AD and the development of heart disease.

Spinal sympathetic adrenergic receptors are also involved in immunosuppression after
high thoracic injury. Lucin and colleagues found an association between hypothalamic–
pituitary–adrenal (HPA) axis and sympathetic nervous system dysfunction and the reduc-
tion of antibody synthesis and elevated splenocyte apoptosis [306]. These effects were
mediated by NE acting on β2-adrenergic receptors and could be reversed with pharmaco-
logical blockade. Pharmacological blockade of both glucocorticoids (GC) and β2-adrenergic
receptors has similar restorative effects and diminishes SCI-induced splenic lymphopenia
and lymphocyte Bim levels (a pro-apoptotic protein) [307]. While the effects of the im-
munosuppression could only be found in the T3 transection model, the effects could be
mimicked in the T9 contusion model with the application of a β2-adrenergic agonist. A
study in 2013 associated the immunosuppressive effects of high thoracic SCI with AD [308].
They found episodes of AD increased as a function of time post-SCI and that experimental
activation of AD exacerbated the immunosuppression and splenic atrophy. These effects
were also alleviated by pharmacological inhibition of NE and GC receptors.

3.3.4. SCI Facilitates Pulvinar Reorganization and Dysfunction

In this review, we have discussed how descending serotonergic circuits contribute to
significant dysfunction after SCI. It is important to note however, that supraspinal circuits
are also affected by SCI. Pulvinar dysfunction in the thalamus has been observed in patients
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with complete SCI [309]. The pulvinar nucleus is known to play an important role in
contextual multi-sensory processing and gating [310–312]. Importantly, the excitability
of pulvinar neurons is modulated by 5-HT [313]. Specifically, 5-HT was found to have
a hyperpolarizing effect. After SCI, there is a reorganization of supraspinal circuits to
compensate for the lack of proprioceptive feedback. A functional magnetic resonance
imaging (fMRI) study found an increase in functional connectivity between the left pulvinar
nucleus and regions of the left inferior frontal gyrus and left inferior parietal lobe in patients
with complete SCI [309]. The authors suggest that the lack of afferents from lower motor
centers could create an imbalance in sensory weighting, initiating a compensatory increase
in cross-talk between multisensory association cortices through the pulvinar nucleus. Given
this, the pulvinar could be a promising therapeutic target after SCI.

4. Descending Serotonergic Fibers Regulate the Inhibitory Effect of GABA

The findings reviewed above suggest that the loss of descending 5-HT fibers promotes
the development of maladaptive plasticity by enabling a state of over-excitation that can
fuel cell death and foster the development of spasticity, pain, and autonomic dysreflexia.
This dampening effect has been traditionally linked to the direct consequences of engaging
the 5-HT1A receptor, which has an inhibitory effect on neural activity (see Section 2.2). More
recent work has revealed a secondary consequence of interrupting 5-HT function, related
to an alteration in how the neurotransmitter GABA affects neural excitability, which may
help to explain its broad effect on spinal function. This new perspective is motivated by
two observations that challenge traditional views of how GABA affects neural activity.

4.1. Pretreatment with a GABA-A Antagonist Blocks the Development of Nociceptive Sensitization
after SCI

The standard view of GABA function presumes it inhibits neural activity, an effect that
is primarily mediated by the activation of the GABA-A receptor, an ionotropic receptor that
regulates the flow of the anion Cl− across the cellular membrane [314]. In the adult central
nervous system (CNS), neurons maintain a low intracellular concentration of Cl− [1]. As a
consequence, engaging the GABA-A receptor allows the anion to flow into the cell, which
has a hyperpolarizing (inhibitory) effect.

Within the uninjured adult spinal cord, GABAergic interneurons regulate neural exci-
tation and plastic potential, exerting an inhibitory effect that modulates motor excitability
and quiets nociceptive activity [315]. Neural inhibition also limits plasticity, which helps
preserve neural circuits over time. Given this characterization, it is naturally anticipated
that local application of a GABA-A antagonist (e.g., bicuculline) would remove a brake
on neural activity to promote motor output, the transmission of sensory signals to the
brain, and plasticity. As predicted, i.t. bicuculline has a pronociceptive effect that en-
hances behavioral reactivity to noxious and non-noxious stimuli, inducing a state akin
to nociceptive sensitization [316–321]. Conversely, administration of a GABA-A agonist
(e.g., muscimol), or implanting cells that express GABA, attenuates neural excitation and
behavioral reactivity [322–324].

Contrary to the standard view are data demonstrating that blocking the GABA-A
receptor can sometimes have an antinociceptive effect that counters the development of
nociceptive sensitization. For example, in diabetic rats, pretreatment with bicuculline
attenuates the enhanced mechanical reactivity (allodynia) elicited by peripheral treatment
with the irritant formalin [325]. Likewise, in rats that have undergone a thoracic (T2)
transection, bicuculline reduces the nociceptive sensitization elicited by noxious electrical
stimulation, capsaicin, and inflammation [224]. Here, blocking GABA does not remove
a brake on neural excitation; instead, the opposite is observed, which suggests that after
SCI engaging the GABA-A receptor can have a paradoxical effect that drives, rather than
inhibits, neural sensitization.
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4.2. Alterations in Intracellular Cl− Impact How GABA Affects Neural Activity

A second observation that led to a paradigm shift stemmed from the recognition
that there is a developmental shift in how GABA affects neural activity [326,327]. This
alteration is driven by changes in the intracellular concentration of Cl−, which is controlled
by two membrane bound proteins, the K+-Cl− cotransporter (KCC2) and the Na+-K+-
Cl− cotransporter (NKCC1) that regulate the outward and inward flow of Cl−, respec-
tively [326,328–330]. Because NKCC1 develops first, the inward flow of Cl− is augmented
early in development, which maintains a high intracellular concentration of the anion [331].
Under these conditions, engaging the GABA-A receptor allows Cl− to flow out of the
cell, which has a depolarizing (excitatory) effect [326,327]. Later in development, there is
increased expression of KCC2, which lowers the intracellular concentration of Cl−. Now,
engaging the GABA-A receptor allows Cl− to enter the cell, producing a hyperpolarization
that inhibits neural activity.

What transformed the view of GABA function is the recognition that intracellular Cl−

concentration is dynamically regulated in the adult CNS, a phenomenon known as ionic
plasticity [332,333]. Evidence suggests that this change is largely due to a downregulation
of KCC2, which attenuates the hyperpolarizing effect of engaging the GABA-A receptor.
Indeed, if KCC2 is sufficiently downregulated, engaging the GABA-A receptor can have a
depolarizing effect that drives neural activity and plasticity. Evidence suggests that a down-
regulation of KCC2 can foster the development of hippocampal LTP and contributes to a
number of disease states, including epilepsy, addiction, and diabetes [1,325,326,334–337].
Of particular import in the present context, SCI has been shown to downregulate KCC2
caudal to the injury, a transformation that removes a brake on neural activity and plastic-
ity [328,338–340]. While this may benefit recovery by enabling the adaptive re-wiring of
neural circuits [127], it also removes a governor on neural excitation, which enables nocicep-
tive sensitization and the development of neuropathic pain [315,328]. The downregulation
of KCC2 also contributes to the emergence of prolonged muscle activity (spasticity) after
injury and the weakening of inhibitory processes essential to rhythmic locomotion [339,341].
In addition, a GABA-dependent over-excitation impairs the adaptive re-wiring of neural
circuits and the capacity to learn [342,343].

The discovery that a downregulation of KCC2 contributes to pain and spasticity after
SCI has fueled the exploration of a new class of treatments, designed to re-establish GABAer-
gic inhibition by promoting KCC2 activity (e.g., CLP-290, a KCC2 activator) or by reducing
the inward flow of Cl− with a NKCC1 inhibitor (e.g., bumetanide) [328,340]. Evidence
suggests that these treatments can promote the adaptive re-wiring of spinal circuits, foster
behavioral recovery, and attenuate the development of spasticity and pain [224,339,343].
The realization that SCI brings a shift in how GABA affects neural activity also helps to
explain the paradoxical effect of blocking the GABA-A receptor after injury—because injury
leads to a high concentration of intracellular Cl−, engaging the GABA-A receptor has a
depolarizing effect. Under these conditions, pretreatment with the GABA-A antagonist
would be expected to have an antinociceptive effect that counters the development of
nociceptive sensitization [224].

4.3. Exercise and Training Re-Establish GABAergic Inhibition after Injury

We noted earlier that exercise and locomotor training can have a therapeutic influence
after SCI, promoting motor behavior and attenuating the maintenance of chronic pain and
spasticity [255,344]. New data have revealed that locomotor training has these effects, in
part, because it helps to re-establish GABAergic inhibition by upregulating KCC2 [345].
Because GABAergic inhibition plays an essential role in the execution of rhythmic be-
havior [341], this fosters the recovery of stepping. In addition, it helps to explain why
step training and exercise attenuate chronic pain and spasticity. The beneficial effect of
locomotor training and exercise after SCI may be related to increased expression of BDNF,
which upregulates KCC2 after injury [345]. Indeed, blocking BDNF counters the behavioral
benefit of training and its effect on KCC2, suggesting that BDNF expression plays an
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essential role [344,346]. As noted earlier, BDNF also attenuates nociceptive sensitization
after SCI and this effect too has been related to an upregulation of KCC2 [251].

We discussed above how BDNF can have opposing effects on nociceptive processing,
countering the development of sensitization after SCI but generally promoting neural
excitability in the absence of injury [256–258]. These alternative effects may be explained
by its opposing action on KCC2. After SCI, BDNF upregulates the expression of KCC2,
which would counter the maintenance of pain and spasticity [254,339]. In the absence
of injury, BDNF downregulates KCC2 within the spinal cord, which would fuel nocicep-
tive sensitization and the development of neuropathic pain [258,260,347,348]. The key
question then becomes why does BDNF have opposite effects on KCC2 in injured and
uninjured animals? One suggestion is that this is determined by the signal pathways
engaged [266,332,333]. BDNF binds to the TrkB receptor, which can activate both Shc (src
homology 2 domain containing transforming protein) and PLC. How these pathways affect
KCC2 depends upon PLC: If PLC is absent, KCC2 is upregulated; if PLC is engaged, KCC2
is downregulated. In line with this hypothesis, PLC is downregulated within the spinal
cord after injury and upregulated by locomotor training [255,345]. Alternatively, the effect
of BDNF on KCC2 may be modulated by the intracellular concentration of Ca2+ leading to
a downregulation when the concentration is high and an upregulation when Ca2+ levels
are low [326]. Supporting this, neural injury does not transform how BDNF acts if the
depolarizing shift is blocked with bumetanide [349].

4.4. The Shift in GABA Function Is Tied to the Loss of Descending 5-HT Fibers

Recent data has linked the downregulation of KCC2 after SCI to the loss of serotonergic
fibers that descend through the DLF [127]. Supporting this, lesions limited to this region can
flip how bicuculline affects the development of nociceptive sensitization. In sham operated
rats, the drug has a pronociceptive effect. After bilateral lesions of the DLF at T2, KCC2 is
downregulated and bicuculline has an antinociceptive effect [127]. Likewise, in uninjured
animals, pretreatment with a 5-HT1A antagonist (i.t.) reverses the action of bicuculline,
causing it to have an antinociceptive effect that counters the development of capsaicin-
induced nociceptive sensitization. Conversely, after a complete SCI (T2 transection) i.t.
administration of a 5-HT1A agonist (8-OH-DPAT) upregulates KCC2 and re-establishes the
pronociceptive effect of bicuculline.

A key unanswered question concerns the impact of these manipulations on the affec-
tive/motivational consequences of nociceptive stimulation. Does the loss of descending
serotonergic fibers, and the consequent switch in GABA function, alter the sensory signal
relayed to the brain? To explore this issue, we examined the effect of bicuculline treatment
on capsaicin-induced pain in a place conditioning task, wherein animals experience dif-
ferent treatments prior to being placed in distinctive environments (contexts) [127]. Rats
received bilateral cuts of the DLF at T2 or a sham surgery. Over the next two days, the key
groups were treated with capsaicin before they were placed in each context. On one day,
animals received bicuculline (i.t.) prior to capsaicin treatment; on the other, they received
the drug vehicle before capsaicin. Prior work has established that animals exhibit a con-
ditioned aversion to the context where they experience greater pain [350]. In the present
case, the focal question concerns the effect of bicuculline treatment on capsaicin-induced
pain. If GABA inhibits pain, blocking GABA should enhance the painfulness of capsaicin,
inducing a stronger aversion to that context. To establish whether this occurred, animals
were given a preference test where they were free to enter either context. As expected, sham
operated rats showed an aversion to the context where they had received bicuculline before
capsaicin, implying that blocking GABA-A receptors within the spinal cord enhanced pain.
However, bicuculline had the opposite effect in DLF-lesioned rats. These animals preferred
the context where they had received bicuculline prior to capsaicin treatment, implying that
the GABA-A antagonist had an antinociceptive effect. The results reinforce the claim that,
after SCI, the engagement of the GABA-A receptor by GABA promotes nociceptive activity
and pain.
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Other research has shown that a disruption in descending serotonergic fibers contributes
to the downregulation of KCC2 that drives spasticity and motor impairments [339,341]. Here,
however, 5-HT appears to act via the 5-HT2 receptor [351]. Pretreatment with a 5-HT2
agonist ((4-bromo-3,6-dimethoxy benzocyclobuten-1-yl)methylamine hydrobromide (TCB-
2)) upregulated KCC2 after SCI and attenuated mechanical and thermal hyperalgesia. TCB-
2 did not, however, attenuate the development of neuropathic pain induced by peripheral
nerve injury in SCI rats [352]. Interestingly, treatment with TCB-2 also counters the stress-
induced downregulation of KCC2 within the ventral tegmental area, a modification that
contributes to alcohol self-administration [335,353].

Serotonergic innervation may also help to explain the transformation in BDNF func-
tion, which Rivera et al. linked to the expression of PLC—an effector of engaging 5-HT
receptors [266,332]. In adult animals, descending 5-HT fibers would drive PLC signaling,
which would cause BDNF to downregulate KCC2 and foster nociceptive sensitization.
Damage to descending 5-HT fibers would reduce PLC activity and transform the action of
BDNF, causing it to upregulate KCC2.

While the above may help to explain the change in BDNF function, some key questions
remain unanswered: (1) How does the development of descending fibers upregulate KCC2?;
and (2) Why does damage to these pathways have the opposite effect? Regarding the
first question, prior work has shown that the shift in GABA function coincides with the
innervation of descending fibers [354,355]. Furthermore, transecting the spinal cord at an
early age (before fibers reach the caudal spinal cord) blocks the upregulation of KCC2.
Finally, prolonged treatment with a 5-HT2 agonist (DOI) during the first postnatal week
can substitute for the lost innervation in transected animals to re-establish GABAergic
inhibition [351]. As to the second question, the reduction in KCC2 observed after SCI in
adults could be tied to the inhibitory effect of descending fibers. In vitro, artificially driving
neural activity leads to a downregulation of KCC2 [266,332]. Likewise, epileptic activity
can drive KCC2 down. From this perspective, KCC2 is downregulated after SCI because
damage to descending serotonergic fibers removes a source of tonic inhibition, resulting in
a state of prolonged neural activity. Under these circumstances, removing a brake on neural
activity is biologically efficient and could help neurons survive in the face of increased
metabolic load [326,332]. Interestingly, the initiation of this process may depend upon
BDNF; blocking BDNF before neural activity is increased, or the spinal cord is cut, counters
the downregulation of KCC2 [266,339].

5. Role of Other Monoamines

Monoaminergic neuromodulation within the spinal cord includes not only serotonin,
but NE and dopamine as well. While descending serotonergic fibers have been the main
focus of this review, it is important to acknowledge the role of the other monoamines.

5.1. Noradrenergic Fiber Pathways

Noradrenergic projections to in the spinal cord (Figure 1) are primarily sourced from
the C1 and C2 medullary nuclei, the A5 and A6 nuclei in the locus coeruleus, and the A7
pontine region [17]. The intermediolateral cell column and the ventral horn are recipients of
noradrenergic input from the A5 and A6 regions, respectively, while the dorsal horn receives
input predominately from the A7 region. There are three major classes of adrenoreceptors
(Tables 3 and 4). The α1A/B/D are characterized as excitatory through their positive coupling
to Gq/11 proteins. The α2A/B/C receptors are characterized as inhibitory via their inhibition
of adenylyl cyclase through Gi/o proteins and their suppression of Ca2+ currents. Lastly,
β-adrenoreceptors (β1/2/3/4) stimulate neuronal activity via Gs proteins.
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Table 3. Distribution and function of alternative norepinephrine receptors (SC = spinal cord;
SCI = spinal cord injury).

Receptor
Receptor

Type
Location in SC Normal Function Function after SCI

α1

α1A

Gq/11

Dorsal horn, intermediate cell
column, and ventral horn [17];

motoneurons [356]

Antinociception [17]; motor
behavior, pronociception,
autonomic processing [17]

Spontaneous motoneuron activity7;
spasticity [357]; Sympathetic

neurovascular function [358,359];
micturition [360,361]

α1B

α1C

α2

α2A

Gi/o

Superficial dorsal horn and
deeper laminae, and lamina X

[17]; motoneurons [356]
Antinociception [17,362,363];
inhibits sympathetic outflow

[17]

Locomotor recovery [364]; mediates
bowel dysfunction [365]; reflex/muscle

spasticity [366,367]; neurological
recovery [368]

α2B Dorsal horn [17]

α2C
Dorsal horn and DRG [17];

motoneurons [356]

β

β1

Gs Cardiac function [369]
Micturition [370], locomotor recovery

[371,372], cardiac function [369]
β2
β3
β4

Table 4. Common noradrenergic agonists and antagonists.

Receptor Agonists Antagonists Non-Selective Agonists Non-Selective Antagonists

α1

α1A Methoxamine (A61603) [357]

WB4010 [357], prozosin
[357], BRL44408 [373],
silodosin, naftopidil

[374], tamsulosin [361]
REC15/2739 [357]; methoxamine
[358], phenylephrine [358–360] Terazosin [360,375]

α1B
α1C

α2

α2A
Clonidine, UK14303 [357,376],

Guanfacine [377]
Atipamezole [373] Dexmedetomidine [368,378],

guanabenz, UK-14304 [376],
tianidine [367]; medetomidine [379]

Yohimbine, RX821001(2) [357],
rauwolscine, idazoxan [376],

efaroxan [373]
α2B ARC239 [373]
α2C

β

β1 Dobutamine [369]
Propranolol [380,381], carvedilol

[382,383], nadolol [384]
β2 Formoterol [371,372] ICI118551 [385]
β3 Vibegron [370] SR59230A [385]
β4

Adrenoreceptors’ involvement in spinal cord neuromodulation is extensive. Tradition-
ally, in conditions of early SCI, NE’s activities are known to be involved in hemorrhagic
necrosis [386–389], blood pressure/blood flow [390–392], and motor function [387,393–395].
Nociception is regulated by α2-adrenergic receptors which inhibit activity of deep dorsal
horn neurons [362,363], and in neuropathic pain models of SCI, catecholaminergic fibers
have shown evidence of maladaptive plasticity and fiber sprouting after thoracic tran-
section [396,397]. Lastly, spinal sympathetic β-adrenoreceptors have been shown to be
involved in immunosuppression after high thoracic SCI [306,307], and these effects have
also been linked to AD [308].

5.2. Dopaminergic Fiber Pathways

Descending dopaminergic projections (Figure 1) originate from the A11 region of the
periventricular posterior hypothalamus [17]. These fibers can be detected in the intermedi-
olateral cell column and the ventral horn, but they are primarily found in the dorsal horn
and lamina X. Dopamine receptors are classified into two families, D1-like and D2-like
(Tables 5 and 6). D1-like receptors include D1 and D5 receptors and they have an excitatory
action upon neural activation via Gq proteins through stimulation of adenylyl cyclase [17].
D2-like receptors include D2, D3, and D4 and they inhibit adenylyl cyclase through Gi/o
proteins and thus suppress neural activity.
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Table 5. Distribution and function of alternative dopamine receptors (SC = spinal cord; SCI = spinal
cord injury).

Receptor Receptor Type Location in SC Normal Function Function after SCI

D1-like
D1 Gq

Throughout the spinal cord
[17]

Pronociception [17]
Micturition [398,399],

cardiovascular function [400],
pronociception [401]

D5

D2-like

D2

Gi/o

Superficial laminae and
lamina X [17]

Antinociception,
pronociception [17]

Micturition [398,399],
cardiovascular function [400],

D3 Dorsal horn [17] antinociception [401]

D4
Dorsal horn (check this one)

[17]

Table 6. Common dopaminergic agonists and antagonists.

Receptor Agonists Antagonists Non-Selective Agonists
Non-Selective
Antagonists

D1-like

D1
SKF 38393 [398,399,402]

[403]

SCH 23390
[398–400,402,403],

SCH 39166 [401,404]

Aripiprazole [405],
apomorphine

[300,398,400,406], SKF
83959 [402]

D5

D2

Quinpirole
[399,402,403,407],
Ropinirole [408],

sumanirole [409], B-HT
920, bromocriptine

[410,411], LY 141865 [412]

Remoxipride [398,399],
domperidone [400,413],
metoclopramide [400],

eticlopride [414],
L-741,626 [402],

(−)-sulpiride [403,410],
haloperidol [411]

D2-like
D3

Pramipexole [401,404],
ropinirole [408]

D4

While research on the role of spinal cord dopamine is growing, there is relatively
little known regarding its contribution to pathology after SCI [415–417]. There is evi-
dence it is involved in pain modulation. Supporting this, systemic administration of
D2 receptor agonists elicit antinociception while D1 receptor agonists elicit pronocicep-
tion [17,403,410–413]. In an SCI model, targeting D2 receptors has been shown to alleviate
pain-related behaviors and even improved secondary injury by reducing inflammation and
MMP-9 expression [407]. Lastly, dopaminergic agonists administered to the preganglionic
neurons within the intermediolateral cell column have been shown to elicit hypotension
and bradycardia [400,418–420].

Recent work has found that dopamine receptors play an active role in micturition after
SCI. In a male rat thoracic (T10) transection model, it was found that spinal D1 receptors
tonically suppress tonic external urethral sphincter (EUS) activity to enable voiding while
the activation of D2 receptors facilitates voiding [399]. Work in a complete transection
female rat model showed similar results where pharmacologic activation of D1 receptors
after SCI inhibits urine storage and enhances voiding by differentially modulating (EUS)
tonic and bursting patterns, respectively [398]. Additionally, they found that pharmacologic
activation of D2 receptors with quinpirole improves voiding by enhancing EUS bursting.

6. Conclusions

6.1. Summary

We have described how damage to descending serotonergic fibers can contribute to
pathophysiology after SCI. These effects include an amplification of nociceptive signaling
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that fosters the development of acute nociceptive sensitization, impairs adaptive learning
and locomotor recovery, and promotes the development of neuropathic pain, spasticity,
and autonomic dysreflexia. In many cases, these adverse effects appear tied to a loss
of activity at 5-HT1A and 5-HT2 receptors. New research has shown that the loss of
serotonergic activity downregulates the co-transporter KCC2 caudal to injury, bringing a
reduction in the inhibitory effect of GABA. It was suggested that this modification may
provide a cellular context that fosters pathophysiology, to augment the adverse effects of
nociceptive input, impair locomotor function, and drive spasticity. Treatments that bolster
5-HT function after injury may bring benefit by restoring GABAergic inhibition. Likewise,
the pathophysiological consequences of damage to serotonergic fibers may be lessened by
treatments that target ionic plasticity.

6.2. Limitations and Issues for Future Research

We described above how noxious stimulation can induce a state of over-excitation
in the spinal cord and undermine recovery after injury [231,237]. We have also shown
that pain input after injury engages pro-inflammatory cytokines and signals related to cell
death [238]. More recently we discovered that nociceptive stimulation after SCI promotes
hemorrhage at the site of injury [421]. Because blood borne contents are neurotoxic [422],
the infiltration of blood would expand the area of tissue loss (secondary injury). Our review
of serotonergic regulation of spinal systems has emphasized how these fiber tracts can
quell over-excitation and thereby have a protective effect. Given these observations, we
naturally hypothesized that noxious stimulation would lead to greater tissue loss and
hemorrhage after a contusion injury if communication with the brain was cut. We found
exactly the opposite—that disrupting communication with the brain by means of a surgical
or pharmacological transection at T2 blocks nociception-induced hemorrhage in rats that
had a lower thoracic contusion injury [423,424]. A T2 transection also blocked the activation
of pro-inflammatory cytokines, and signals indicative of cell death, at the site of injury.
Furthermore, a pharmacological transection at T2 blocked the adverse effect nociceptive
stimulation has on long-term recovery [423]. Because a rostral transection is sufficient to
downregulate KCC2 in the caudal tissue [224], these findings imply that the shift in GABA
function does not, by itself, enable nociception-induced hemorrhage after injury [425].
The implication is that an additional, brain-dependent, process is engaged that plays an
essential role in driving pain-induced tissue loss after injury. We have hypothesized that
this adverse effect may be linked to a nociception-induced surge in blood pressure [426].
From this perspective, local alterations may enable nociceptive sensitization (setting the
stage for chronic pain) and place the tissue in a vulnerable state (e.g., by weakening the
blood spinal cord barrier). A surge in blood pressure/flow could then lead to hemorrhage,
increasing inflammation and cell death at the site of injury.

A related issue that requires additional research concerns the dissociation of the time-
course of injury-induced changes in KCC2 and the development of chronic pain/spasticity.
Injury causes a reduction in KCC2 sufficient to transform the action of GABA within
24 h [224]. Yet, spasticity and enhanced pain generally do not develop until weeks
later [239,339,427]. Again, the findings imply that a downregulation in KCC2 is not suffi-
cient to produce these effects—that other processes and events play an essential role. Key
processes may include the engagement of nociceptive fibers, hemodynamic dysregulation,
and factors related to stress.

Additional research is also needed to explore the contribution of these processes to
other pathophysiological features of SCI. One unknown concerns the contribution of ionic
plasticity to autonomic dysreflexia. Likewise, while it is known that a downregulation of
KCC2 contributes to a maladaptive consequence of morphine treatment (spinally mediated
hyperalgesia) [333], it is not known whether this effect mediates the adverse effect acute
morphine has on tissue sparing and long-term recovery [428,429]. Finally, it should be
noted that our review has focused upon how serotonergic fibers and ionic plasticity affect
lumbosacral function. A parallel line of work has explored the consequences of cervical
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injury on respiratory function, demonstrating a BDNF-dependent benefit of intermittent
hypoxia [9,430]. Here too, descending serotonergic fibers play an essential modulatory
role. However, in this model, ionic plasticity may contribute little to pathophysiology or
recovery [431].
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Simple Summary: Spinal cord injury results in a decreased quality of life and impacts hundreds of

thousands of people in the US alone. This review discusses the underlying cellular mechanisms of

injury and the concurrent therapeutic hurdles that impede recovery. It then describes the phenomena

of neural plasticity—the nervous system’s ability to change. The primary focus of the review is on the

impact of cervical spinal cord injury on control of the upper limbs. The neural plasticity that occurs

without intervention is discussed, which shows new connections growing around the injury site and

the involvement of compensatory movements. Rehabilitation-driven neural plasticity is shown to

have the ability to guide connections to create more normal functions. Various novel stimulation

and recording technologies are outlined for their role in further improving rehabilitative outcomes

and gains in independence. Finally, the importance of sensory input, an often-overlooked aspect

of motor control, is shown in driving neural plasticity. Overall, this review seeks to delineate the

historical and contemporary research into neural plasticity following injury and rehabilitation to

guide future studies.

Abstract: Neuroplasticity is a robust mechanism by which the central nervous system attempts to

adapt to a structural or chemical disruption of functional connections between neurons. Mechanical

damage from spinal cord injury potentiates via neuroinflammation and can cause aberrant changes in

neural circuitry known as maladaptive plasticity. Together, these alterations greatly diminish function

and quality of life. This review discusses contemporary efforts to harness neuroplasticity through

rehabilitation and neuromodulation to restore function with a focus on motor recovery following

cervical spinal cord injury. Background information on the general mechanisms of plasticity and

long-term potentiation of the nervous system, most well studied in the learning and memory fields,

will be reviewed. Spontaneous plasticity of the nervous system, both maladaptive and during natural

recovery following spinal cord injury is outlined to provide a baseline from which rehabilitation

builds. Previous research has focused on the impact of descending motor commands in driving

spinal plasticity. However, this review focuses on the influence of physical therapy and primary

afferent input and interneuron modulation in driving plasticity within the spinal cord. Finally, future

directions into previously untargeted primary afferent populations are presented.

Keywords: primary afferents; nociceptor; reach-to-grasp; forelimb function; upper extremity function

1. Introduction

The negative consequences of spinal cord injury (SCI) arise from far more than the loss
of directly damaged grey matter and neural pathways. Unfortunately, these dead and dying
neurons release death signals which exacerbate the injury. In response to damaged and
dying tissue, the innate and adaptive immune response will become activated as described
in detail by Donnelly and Popovich [1]. Monocyte-derived macrophages and activated
microglia clear debris from the initial primary insult. However, these immune cells remain
long after debris is cleared and provide a continual bombardment of inflammatory cues that
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initiate secondary injury in areas rostral and caudal to the injury epicenter [2–6]. In an effort
to mitigate secondary injury, reactive astrocytes physically limit the spread of inflammation,
compensate for a leaky blood brain barrier, and reduce lesion expansion by forming a glial
scar [7–9]. However, this physical barrier may also prevent axonal regeneration through
the lesion. Reactive astrocytes upregulate signal transducer and activator of transcription
3 (STAT3) and release chondroitin sulfate proteoglycans (CSPGs) and bone morphogenic
protein (BMP), inhibiting the growth of neurons and oligodendrocyte maturation and
subsequent remyelination efforts [9–16]. Evidence does support astrocytic release of growth
promoting factors, such as laminin [7,17]; however, the cumulative effect is detrimental
to recovery. Other processes also contribute to the inability of damaged spinal cord
axons to regenerate after injury. Wallerian degeneration of the distal axons and myelin
results in debris releasing Nogo, OMGp, and MAG, which have all been shown to inhibit
regeneration and sprouting [18]. Collectively, these impediments limit the efficacy of
spontaneous recovery.

Thus, for the vast majority of individuals, SCI results in permanently lost ascending
and descending neuronal connections that are important for normal behavior and function,
even with existing treatments and rehabilitation paradigms [19]. Injury-induced damage
and failed regeneration necessitates that the remaining central nervous system (CNS)
compensates for lost function. Depending on the type and location of injury, damaged
and undamaged neurons will show sprouting, new synapse formation, and changes in
electrophysiological properties. However, in the case of a complete SCI, in which there are
no spared connections, the loss of long descending connections makes volitional control
of movement impossible. Therapeutic interventions for individuals with complete SCI
are limited to regenerative medicine or the utilization of compensatory devices [20,21].
Some spontaneous plasticity of the spared nervous system provides an avenue for recovery.
Evidence for redundant and usually silent interneuron pathways have been shown in
injury models, such as in the cross-phrenic phenomenon involved in the recovery of
respiratory function [22–24]. Unfortunately, much of the injury-induced plasticity can
be maladaptive, taking the form of aberrant sprouting and synaptogenesis as neurons
try either to compensate for lost connections or to regenerate through the injury site as
they respond to inflammation. Hyperexcitability and inefficiency result from these new
connections, making restoration of normal function nearly impossible.

Plasticity is an incredible feature of the CNS, giving it the ability to learn and recover
from insult. Without the guidance of rehabilitation, however, it yields limited functional
improvements following SCI. Many rehabilitative interventions have been studied for
their effects on recovery of function related to alterations in spinal cord anatomy and
physiology [25]. Changes in the spinal cord do not just occur with action—i.e., motor
output. Instead, rehabilitation- or activity-dependent plasticity of the spinal cord is thought
to be afferent driven [26–29]. As the body moves or performs motor tasks, the spinal cord
receives input about the quality of the movement from sensory neurons with receptors in
the skin, muscles, and joints. Dorsal horn sensory neurons and interneurons receive this
afferent input and refine connections, as well as output commands of the motor circuits.
Furthermore, projection neurons from spinal cord motor centers provide feedback to
supraspinal locations involved in modifying motor behavior (i.e., cerebellum, basal ganglia,
motor cortex, etc.) [30–33]. Following an overview of the term “neuroplasticity,” this review
will focus on the plasticity that occurs naturally following SCI, and how rehabilitative
strategies enhance recovery of upper extremity or forelimb function through afferent driven
and interneuron-mediated local plasticity in the spinal cord.

2. What Is Neuroplasticity?

Neuroplasticity is defined as the potential for functional and anatomical changes of
the nervous system in response to stimuli during learning or in response to injury [34].
Our understanding of neuroplasticity has evolved over decades. Originally, experiments
established the importance of circuits in behavior. Subsequent studies revealed how these
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synapses change with learning and the molecular mechanisms of these changes [35]. Classic
experiments from the learning and memory fields described plasticity of the adult nervous
system [36]. Receptor changes and the physical addition and/or subtraction of synapses
modify synaptic efficiency, thereby driving neuroplasticity. These processes are responsible
for learning, memory, and the fine-tuning of motor control. Evidence of neuroplasticity
is found in both the spinal cord and the brain. The greatest occurrence of these changes
happens during neurodevelopment. Until relatively recently, the dogma prevailed that
synaptic connections within the adult nervous system were hardwired and fixed. Now, it
is well established that the adult CNS can be modified, especially following injury.

One aspect of neuroplasticity is the strengthening and weakening of synapses in
response to input. These synaptic changes are essential for learning, memory, and motor
output under normal and pathological conditions. According to Hebbian theory, both
pre- and post-synaptic neurons experience changes following repeated and persistent
firing [37,38]. Presynaptic release probability, the number and properties of post-synaptic
receptors, and the number of active synapses may all be altered [39–41].

In addition to alterations in synaptic strength, researchers have determined that
plasticity within learning and memory circuits could occur for varying amounts of time
depending upon the composition of pre- and post-synaptic sites. Transient plasticity is
known as either short-term facilitation or depression [42,43] (Figure 1).

Figure 1. Key Characteristics of Neural Plasticity based on Hebbian learning. (a) Synaptic connections become stronger and
more efficient following high frequency and repetitive input. This strengthening is known as either short-term facilitation
or long-term potentiation. On a molecular level, single bouts of high frequency input result in increased neurotransmitter
release, while repetitive bouts of high frequency input increases synaptogenesis, synaptic efficiency by modulating post-
synaptic AMPA and NMDA receptor subunit expression and phosphorylation. These cellular and molecular changes are
thought to underlie learning and memory, whether that be for episodic memory or refinement of motor control. (b) Synaptic
connections can become weaker and less efficient after low frequency input. An episode of low frequency input results in
short-term depression and is associated with decreased presynaptic neurotransmitter release, desensitization of AMPA
receptors. Repetitive low frequency input results in long-term depression, which results in weakened, less efficient synapses,
pruning of unused synapses, as well as dephosphorylation of AMPA receptors and changes in NMDA receptor subunit
composition. Similarly to long-term potentiation, short- and long-term depression are also crucial aspects of learning and
memory as unnecessary, redundant, and inefficient connections get pruned away to optimize the function.
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Short-term facilitation results from changes in presynaptic neurotransmitter release [42–44]
(Figure 2d), while short-term depression occurs when presynaptic neurons lack neurotrans-
mitter vesicles to release into the synaptic cleft (Figure 2b). Postsynaptically, α-Amino-
3-hydroxy-5-methyl-4-isoxazolepropionic acid (AMPA) receptors are desensitized [45].
Desensitization occurs when receptors have decreased responsiveness to stimuli. The
processes of short-term facilitation and depression are primarily studied in the context of
short-term memory and often precede the long-term changes.

Figure 2. Synaptic Plasticity in Long-Term Potentiation (LTP) and Long-Term Depression (LTD). This figure depicts the
cellular mechanisms of LTP and LTD starting from (c). During LTP (c–e), more frequent and greater stimulation releases
glutamate form the presynaptic terminal, which binds to and opens AMPARs letting Na+ and Ca2+ enter the post-synaptic
dendrite to depolarize the cell. Sufficient depolarization removes the Mg2+ from the NMDAR, which is also opened by
glutamate, so that the NDMARs can detect the coincidence of activation between the two neurons and allow even greater
influx of Ca2+ and Na+. This high concentration of intracellular Ca2+ leads to kinase activation, which in turn leads to the
phosphorylation of AMPARs. Phosphorylated AMPARs stay open longer when glutamate binds, and more AMPARs are
brought to the plasma membrane. Repetition of this process eventually leads to synaptogenesis. During LTD (a,b), less
frequent and smaller release of glutamate binds to fewer receptors leading to a reduced influx of Ca and Na and prevents
the removal of the Mg2+ plug. Lower Ca levels lead to phosphatase activation and the dephosphorylation of AMPARs,
resulting in less time open and the internalization of Inactive AMPARS. LTD often leads to pruning of extraneous synapses.

Longer-lasting plasticity is known as long-term potentiation (LTP) or long-term de-
pression (LTD). LTP occurs when synapses are strengthened and require less stimulation
to propagate an action potential [46] (Figure 2e). Conversely, LTD occurs when synaptic
strength is decreased, and more stimulation is required to propagate an action potential
(Figure 2a). LTP and LTD are the mechanisms of long-term learning and memory. This
learning is not limited to episodic memory; these processes also underlie changes in motor
control circuitry in the motor cortex, cerebellum, and spinal cord [47–49]. Long-lasting
plasticity within the spinal cord will be the focus of this review. The two main mechanisms
of LTP in the spinal cord are receptor-mediated plasticity and synaptogenesis of either
intact sprouting axons or the regeneration of damaged axons [50–52].

Changes in both AMPA and N-methyl-D-aspartate (NMDA) glutamate receptors
on the post-synaptic neuron are a robust method for the nervous system to prioritize
different connections.

In AMPA receptor-mediated plasticity, the neurotransmitter glutamate is released from
the presynaptic terminal [39,53]. Glutamate then binds to NMDA and AMPA receptors
on the post-synaptic neuron. AMPARs open first, allowing an influx of Na+. A sufficient
influx of Na+ will depolarize the post-synaptic terminal and remove the Mg2+ block from
NMDARs. This allows an influx of Ca2+ to the neuron, and the levels of Ca2+ influx are
contingent on the degree and frequency of stimulation from presynaptic glutamate release.
High stimulation and high Ca2+ influx will cause a phosphorylation cascade, resulting in
phosphorylated AMPARs and more receptors being expressed on the plasma membrane.
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Phosphorylation makes AMPARs reach activation threshold with less stimulation and
remain open longer [54]. These changes result in LTP.

Alternatively, lower levels of stimulation and Ca2+ influx will result in LTD. Low
levels will activate phosphatases which dephosphorylate AMPARs. In this case, dephos-
phorylated AMPARs are less likely to open and will close sooner. Additionally, fewer
receptors will be expressed on the membrane [54]. Although these processes are AMPA
receptor-mediated, they are NMDA receptor-dependent because it serves as a coincidence
detector for glutamate and depolarization. Alternatively, NMDA receptor-mediated plas-
ticity involves a very similar process [44]. In this case, the NMDARs have subunit changes
rather than phosphorylation events that determine their activity levels.

Synaptic sprouting and pruning are two major results of LTP and LTD. Synaptic
sprouting, or synaptogenesis, often follows LTP [41,55]. Essentially, synapses experiencing
sufficient LTP will split apart, creating two synapses. The post-synaptic density grows until
it splits, and the presynaptic density will split to match. The split continues to perforate
until the spine separates into multiple spines with multiple synapses. This physical change
allows for a greater chance that excitatory post-synaptic potentials will summate into action
potentials. Alternatively, LTD will result in pruning of synapses, and inactive synapses will
eventually be eliminated [55]. Synaptogenesis and synaptic pruning both play a significant
role in plasticity after injury.

3. Neural Plasticity Associated with Reaching and Grasping after SCI

The reach-to-grasp movement is highly synchronous and composed of several observ-
able components, including limb lifting, aiming, and advancing the limb, and followed
by opening the digits, pronating the wrist, grasping the object, and supinating to orient
the object for release into the mouth [56,57]. In humans, fine motor control of the digits
is largely controlled by the descending lateral corticospinal tract (CST), which decussates
and crosses midline at the pyramids in the brainstem, and then continues through the
dorsolateral white matter of the spinal cord. These lateral CST fibers synapse in cervical
motor pools in the spinal cord to control proximal and distal muscles of the limb and digits.
The motor pools for the shoulder and arm are located at levels C4-6, and the motor pools of
the forearm and digits are located in C7-T1 [58]. In addition to CST control in non-human
primates, there is evidence of the involvement of descending rubrospinal and reticulospinal
tract (RST) fibers in controlling which upper extremity muscles execute the reach and grasp
of a target object [59–62]. Recently, direct excitatory projections from the deep cerebellar
nuclei to the ipsilateral cervical spinal cord have been discovered to be involved in the
control of the reach-to-grasp movement. Sathymurthy et al. [63] demonstrated direct cere-
bellospinal connections that were important for reaching and grasping. Mice with silenced
ipsilateral cerebellospinal projection neurons took longer to touch the food pellet and
failed to successfully grasp it. Rodent models have been extensively studied for reaching
and grasping because of the many conserved movements and neuroanatomical substrates
across species [64–68]. Forelimb behaviors are reliably measured in the laboratory us-
ing a combination of qualitative and quantitative assessments of reach-to-grasp pellet
retrieval tasks [56,69], supination tasks [70], digit manipulation [71–73], and grooming
behaviors [74]. After SCI, recovery or compensatory reaching and grasping is mediated by
several spared systems that respond after injury. Sparing and sprouting of the CST and RST
are two of the most well-characterized mechanisms involved in regaining reaching and
grasping following SCI that are conserved across species [75–79]. In addition, plasticity
of primary afferent fibers is also a key contributor to improved function post-injury. The
following sections will focus on discoveries regarding both spontaneous and activity- or
rehabilitation-driven plasticity in these pathways that mediate reaching and grasping
movements (Figure 3). This review will conclude with our perspective on the specific role
of sensory feedback in recovery and rehabilitation.
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Figure 3. Motor and Sensory Input Through the Spinal Cord. This figure depicts a simplified model of motor output and
sensory feedback used to guide movement in the intact CNS (a), after SCI (b), and during rehabilitation (c). (a) The final
steps of motor planning involve a signal being sent from the motor cortex down to the motoneurons in the spinal cord.
These motoneurons send signals to neuromuscular junction causing the appropriate muscle to contract and guide the limb
to the final position. Feedback from the periphery regarding the final position gets sent back to the spinal cord. The spinal
cord uses this information to refine the local connections and sends that information to brain regions involved in motor
refinement, such as the cerebellum. (b) After injury, the corticospinal neurons lose some of their connections to the spinal
cord (dashed lines), and the cord itself loses motoneurons. This results in a weaker signal to the muscle and mobility
problems. Additionally, increased and maladaptive sensory input from primary sensory neurons, like the nociceptor, (red
arrows) causes LTP related to central sensitization in chronic pain and noise to enter the system making refinement difficult.
The sensory information has weakened connection to the brain. (c) Rehabilitation harnesses LTP (Figure 1) by forcing
descending input from the brain, and sensory input from the periphery, to strengthen and refine connections withing the
cord and motor cortex to regain mobility and decrease nociceptive input.

3.1. Plasticity in Spared Descending Systems

The majority of descending input to upper extremity motoneurons in the cervical
spinal cord come from the CST and extensive work has been done to map to its origin
in the motor cortex [80,81]. In humans, the CST and the RST are responsible for control
of the digits—the CST controls precision gripping, while the RST controls the power
grasp [82]. Likewise, CST projections are conserved across species, including rats, non-
human primates, and humans [83,84].

There are many examples of CST plasticity after SCI that include sprouting and the
indirect control of motoneurons [85]. Weidner, et al. [86] showed that lesions of the corti-
cospinal motor pathway in the high cervical spinal cord of rats led to significant sprouting
of the contralateral ventral CST across midline into the ipsilesional medial motor column of
Lamina IX and this anatomical plasticity was critical to post-injury gains in function. As in
rats, non-human primates with unilateral cervical SCI demonstrated some improvement in
reaching and grasping over time that corresponded with changes in the distribution of CST
terminals in the spinal cord grey matter compared to intact macaques [87]. These CST axons
rostral and caudal to the injury site terminate in Lamina VII, whereas the sprouting fibers
synapse near motor pools in Lamina IX. Together, these data suggest that spontaneous
plasticity of the spared components of the CST is a compensatory mechanism underlying
forelimb motor recovery, as opposed to the restoration and/or regeneration of the damaged
motor tract.
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Spinal interneurons are key mediators of motor function. They integrate descending
motor commands and sensory input from primary afferent fibers to modulate motor neuron
activity and motor output [88,89]. There are diverse subpopulations of segmental spinal
interneurons, many of which have been discovered in the context of understanding the
neural control of locomotion and have been reviewed extensively elsewhere [90–99]. Long
projecting propriospinal interneurons that connect cervical and lumbar enlargement are
also important for interlimb coordination, especially during locomotion [100]. After SCI,
these specialized spinal interneurons are a substrate for spinal plasticity and improved
functional recovery. Their long axons allow descending motor commands to bypass lesion
sites and reach distal motor pools [101–104].

Interneurons in the cervical cord are involved in many tasks, such as breathing, lo-
comotion, and reach-to-grasp [97,105–108]. An example of propriospinal interneurons
involved in the reach are the V2a interneurons, which relay information between mo-
toneurons and the cerebellum to provide an ‘internal feedback loop’ [109]. The integration
of descending and ascending input through these interneurons drives LTP in the spinal
cord necessary for recovery. Identification of spinal interneurons that specifically mediate
reaching and grasping behaviors will be critical targets for improving therapeutic outcomes.

In humans, anatomical plasticity is often inferred from motor and sensory evoked
potential recordings of neural activity, electromyographic (EMG) recordings of motor
output, or other neuroimaging techniques. Transmagnetic stimulation (TMS) of different
muscle groups has been used to show changes (or the lack thereof) in cortical motor
mapping or alterations in root sparing, and to estimate CST innervation of different spinal
cord segments following injury [110,111]. Comparisons between stroke and SCI research
are useful for understanding the role of upper motor neurons and CNS plasticity. For
example, a recent study has shown adaptive strategies of motor unit recruitment from the
contralesional RST following stroke that prioritize elbow, wrist, and finger flexion synergy
over dextrous digit manipulation, which limits functional recovery [112]. Similarly, muscle
groups with spared RST input following SCI have been shown to be stronger than those
without [113].

3.2. Neuromodulation to Drive Descending Plasticity after SCI

Because of the importance of dexterity in independence, a major focus of clinical
research has been specifically on hand function. Upper extremity function in people with
cervical SCI varies greatly. The level and severity of injury determines the loss of function,
which dictates the individual’s ability to participate in physical rehabilitation. The SCI
individual’s engagement and the mode of rehabilitation influences the rate and degree of
recovery [114,115]. Numerous physical therapy and rehabilitation paradigms exist, such
as context-dependent reaching and grasping, object manipulation tasks, strength training
and neurostimulation [116–118]. Kinematic analysis of the clinical population has been
rigorously performed to categorize several key features of both compensatory and regained
upper extremity movement, which shows that existing treatments are not wholly effective
at restoring function [119]. Devices are under development to measure improvements in
hand motor control remotely [120].

Neuromodulation of spared connections between the CST and RST caudal to an injury
has been shown in rodents to precipitate reorganization and functional recovery [121]. A se-
ries of studies from the Buford lab [122–124] illustrated the reciprocal control of upper limb
flexor and extensor muscles bilaterally. The related firing patterns of the pontomedullary
reticular formation may play a role in compensatory neural control of upper extremity
function after SCI. Additional connections between RST neurons and propriospinal in-
terneurons within the spinal cord allow for descending input to circumnavigate lesion sites
by crossing midline twice [125–127].

Reminiscent of forced-use paradigms popular for post-stroke rehabilitation [128,129],
individuals suffering from lost hand dexterity will rely on compensatory movements,
which potentially limit complete restoration of hand motor function [130]. In individuals
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with no remaining motor control of the forearm, brain computer interfaces are a promising
alternative strategy for regaining independence. These devices are engineered to either
compensate for lost circuitry or to drive anatomical plasticity in efforts to establish new
connections or to strengthen existing but weak synaptic circuits. Brain computer interfaces
exist that allow for reaching and grasping with robotic arms [131]. Current research is
underway to augment these devices to have digit specific movement based on cortical
activity [132], as well as to enhance plastic changes through neuromodulation using cortical
stimulation, spinal stimulation, and tactile feedback [118,133–136].

3.3. Primary Afferent Plasticity

Primary afferent fibers supply information to spinal cord neurons about propriocep-
tion as well as information about object size, shape, and texture that are important for
successful grasping of an object [61,137]. Axons from mechanosensitive and propriocep-
tive neurons ascend supraspinally in the ipsilateral dorsal columns and send collateral
axons into motor centers of the spinal cord. Comprehensive reviews of primary affer-
ent input to the spinal cord, as well as its targeting of spinal interneurons, can be found
by Gatto et al. [138] as well as Abraira and Ginty [139]. These interneurons in the deep
dorsal horn have been shown to regulate sensory input to motor circuits via presynaptic
inhibition [138,140,141]. In humans, primary afferent input is integrated with motor com-
mands via presynaptic inhibition in the cord from primary afferents and interneurons [142].
Thus, primary afferent input is one neural substrate that can modulate spinal interneurons
involved in the reach-to-grasp movement.

The first example of anatomical plasticity of primary afferent fibers in response to
injury was published by Liu and Chambers in 1958 [143]. In this seminal work, the authors
demonstrated that dorsal root injury caused collateral sprouting of adjacent dorsal root
axons into the dorsal horn of the cat. A series of studies by Murray and Goldberger [144–146]
further demonstrated that collateral sprouting of primary afferent fibers resulted in recovery
of motor function after either dorsal root or spinal cord injury. Others report sprouting
of intact propriospinal interneurons following spinal hemisection as a neural mechanism
of locomotor recovery [101–103]. The anatomical changes seen in these experiments were
not a regenerative effort of damaged neurons, but rather a growth effort of undamaged
and intact neurons that corresponded to improvements in function. Altered primary
afferent input may be transmitted to motor neurons through deep dorsal horn interneurons,
and membrane properties of these deep dorsal horn interneurons rostral and caudal to
SCI demonstrated decreased input resistance and rheobase, indicating a hyperexcitable
state [147].

Notably, the primary sensory neurons of the dorsal root ganglia (DRG) do not merely
transmit feedback information to motor systems, but certain subclasses, called nociceptors,
can transmit pain and temperature information from the peripheral tissues to the superficial
or deep dorsal horn of the spinal cord. In addition, these nociceptive neurons extend axon
collaterals to grey matter laminae in neighboring spinal cord segments via Lissauer’s tract.
Detailed descriptions of dorsal horn neuron populations that receive nociceptive afferent
input can be found in Peirs et al. [148]. Cutaneous nociceptive primary afferent fibers
are analogous to Type III (Aδ) and Type IV (C) primary afferent fibers from the muscle,
which innervate slightly deeper into the spinal cord [149]. Importantly, nociceptors can
indirectly act on motoneurons at the spinal level. The withdrawal reflex is an example of
a nociceptor mediated motor output. This polysynaptic reflex takes afferent input from
predominantly Aδ fibers and passes it through a series of interneurons to cause ipsilateral
flexion and contralateral extension of the limbs [34]. A recent study showed that C-fibers
are responsible for a second, delayed phase of activity in the withdrawal reflex [150].
This suggests that C-fibers are also capable of reaching motoneurons via interneurons.
Furthermore, the Type III and IV muscle afferents have been shown to modulate motor unit
recruitment when firing during exercise-induced fatigue [151]. This firing has a unique
modulatory effect because silent nociceptors become sensitive to stretch in the presence
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of exercise related metabolites [149]. This evidence shows that nociceptors not only are
capable of influencing motor control at the spinal level, but also that different circumstances
change how much they are involved.

After experimental SCI, nociceptive primary afferent fibers display a robust and mal-
adaptive increase in their terminal arborizations in the dorsal horn [152,153] and display
hyperexcitability and increased spontaneous activity [154]. Analysis of sensation in indi-
viduals with cervical SCI suggest that intrinsic changes in primary sensory neurons could,
in part, mediate the return of functional sensation, as well as maladaptive allodynia and
hyperalgesia, often observed over time following SCI [155]. Of course, these morphological
and functional changes in nociceptive primary afferent input are associated with the devel-
opment of neuropathic pain, but nociceptive information is also supplied for tissue and
joint protection via reflex arcs to modulate normal motor circuit function and motor output.
Therefore, aberrant plasticity of nociceptive afferents may be detrimental to functional
recovery following SCI.

4. Rehabilitation, and Afferent Driven Plasticity for Reaching and Grasping

The current standard of care for tetraplegia after SCI includes a wide range of neuro-
modulation and physical therapy with varying success [116]. Intraspinal microstimulation
and transcutaneous stimulation have been used to augment reaching and grasping after
SCI and to have persistent effects, which indicate a promotion in neuroplasticity [117,156].
Other stimulation targets after injury focus on the periphery and exist to aid voluntary
movement. These devices provide scaled strength to the hand when volitional movement
is detected via tactile pressure sensors to facilitate use of the individual’s hand, which pro-
motes both independence and rehabilitation-driven plasticity [157]. Similar devices activate
an exoskeleton to aid in arm usage based on EMG recordings of volitional movement [158].
An alternative to task specific training is neurofeedback training using magnetoencephalog-
raphy. Tetraplegic individuals use this technique to learn to control a virtual hand using
the same brain waves they would use to move their own hand. This training led to im-
provements in grip strength [159]. Efforts to drive LTP and increase synaptic efficiency
involve paired associative stimulation in which synchronized stimulation of the cortex
with transcranial magnetic stimulation and peripheral nerve electrical stimulation have
yielded positive outcomes in forelimb recovery [160,161]. Robotic assistance is also being
combined with muscle stimulation to promote recovery and accuracy of the exoskeletal
assisted movements [162]. Studies are underway to use multi-modal decoding algorithms
to overcome the major hurdle of accurately determining the intended movement based on
EMG output [163]. Combinatorial therapies yield the greatest results [164].

Rehabilitative strategies capitalize on the ability of the primary afferent to adapt
and change in order to improve function after an injury. These physical therapies can
include task specific training, such as repetitively reaching for, grasping, and manipulating
objects. Additional therapies include resistance or aerobic training, as well as range-of-
motion movements and stretching. Many of these are emulated in the laboratory. It
is well established that task specific training improves reaching and grasping behavior
after injury [165–168]. Cutaneous afferent input has been shown to significantly improve
behavioral restoration and drive CNS plasticity following a lesion of the dorsal column [60].
SCI and subsequent treadmill training alter spinal interneuron excitability [147,169]. In
addition, our lab and others have shown that early aerobic exercise can prevent pain
development and reduce aberrant changes in nociceptor distribution and density within
the superficial dorsal horn [170–172], suggesting a convergence of the nociceptive system
and sensorimotor feedback systems within the dorsal horn to influence motor efferent
output and behavior.

In 2018, Keller, et al. [173] investigated the EMG patterns in hindlimb muscles of SCI
rats that underwent a daily range-of-motion stretching therapy. After several consecutive
days of stretching, locomotor ability declined, and EMG recordings revealed increased
clonus-like contractions during stretching [173]. This irregular muscle firing due to the
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stretching may explain the emergence of the irregular stepping patterns. A follow-up
study demonstrated that ablation of nociceptors reduced stretching-induced locomotor
deficits [174]. Nociceptors are often considered to be isolated in the sensory system, with
the only overlap into motor systems occurring in withdrawal reflex circuitry. Even then,
the withdrawal reflex is mediated via A fibers (type III fibers), while much of the work here
is focused on C-fibers (likely type IV fibers). Collectively, this work shows that nociceptors
might play a different and more influential role on motor output after SCI.

Numerous techniques are being used and tested for human rehabilitation after SCI,
including a host of task specific and guided movement exercises. At the forefront, is a focus
on accessibility and enhancing plasticity. Novel technologies, such as virtual reality (VR),
allow individuals with SCI to perform more complex physical therapy independently and
from home. VR devices are capable of delivering multiple physical therapy movement
routines and accurately tracking associated hand kinematics [175]. Since VR technology
only became available a few years ago, there is limited evidence demonstrating that VR
therapy may be more beneficial than conventional physical therapy. However, the flexibility
and affordability of VR devices and their accuracy in tracking movements will likely drive
further research and development of this technology [176].

5. Conclusions

Neuroplasticity is a robust mechanism by which the central nervous system attempts
to adapt to a structural or chemical disruption of functional connections between neurons.
This adaptation is a prominent feature during neurodevelopment and is found in learning
and memory. Following damage to nervous tissue, such as spinal cord injury, spontaneous
plasticity may be initiated. Spontaneous plasticity can be maladaptive, as in the case of
chronic neuropathic pain, but it can also lead to the recovery of lost function. Sprouting,
synaptogenesis, synaptic plasticity, and pruning of connections between afferent fibers,
interneurons, and motoneurons of ascending and descending tracts all play a role in medi-
ating meaningful recovery after injury. Minor pathways often compensate for damaged
major pathways, but interventions can lead to damaged axons regenerating across the
lesion to improve function [14].

One of the major drives of modern neuroscience research is directed towards har-
nessing the power of neuroplasticity through rehabilitation. The human CNS has limited
ability to spontaneously recover, however, many of the underlying mechanisms that allow
recovery in other animals are still present. The rehabilitation research field attempts to
use physical training to force central drive and primary afferent input into the spinal
cord. Significantly, this shows that spontaneous plasticity within segmental spinal cord
circuitry can be enhanced by rehabilitation. This gives hope for future research into the
field, as rehabilitative techniques are optimized and even combined with pharmacological
or neuromodulatory treatments. Not only do future studies need to continue to perfect
treatments, but they also need to consider the fundamental changes in the nervous system,
especially the spinal cord after injury. Certain cells, such as C-fiber nociceptors, are often
neglected when considering movement or modeling motor circuitry. This has changed as
alternatives to opioids for chronic pain treatment gain focus. Certainly, further research
into the specific role of subclasses of primary afferent feedback after injury, especially
nociceptors, is warranted.
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Simple Summary: Spinal cord injury often disrupts connections between the brain and spinal cord

leading to a plethora of health complications, including bladder dysfunction. Spinal cord injured

patients are left with symptoms such as a leaky bladder (the inability to hold their urine), frequent

urinary tract infections, and potential kidney failure. However, previous studies have shown that

manipulation of serotoninergic receptors can improve urinary performance following spinal cord

injury. In the current study, we sought to explore how stimulation of a specific serotonergic receptor

subtype can significantly enhance bladder function in spinal cord injured rats. To do so, we utilized

spinal cord injured female rats that underwent various bladder performance evaluations combined

with pharmacological intervention of a specific serotonergic subtype. Additionally, the primary site

of action was investigated to determine effects elicited during various administration routes (e.g.,

directly into the cord, into the femoral vein, or into the skin). Stimulation of this receptor subtype,

regardless of delivery route, improved activity of the external urethral sphincter and detrusor-

sphincter coordination in spinal cord injured rats. Collectively, the results of these experiments have

the potential to provide vital guidance for the development of therapeutic strategies to alleviate

urinary dysfunction following spinal cord injury.

Abstract: Traumatic spinal cord injury (SCI) interrupts spinobulbospinal micturition reflex pathways

and results in urinary dysfunction. Over time, an involuntary bladder reflex is established due

to the reorganization of spinal circuitry. Previous studies show that manipulation of serotonin

2A (5-HT2A) receptors affects recovered bladder function, but it remains unclear if this receptor

regulates the activity of the external urethral sphincter (EUS) following SCI. To elucidate how central

and peripheral serotonergic machinery acts on the lower urinary tract (LUT) system, we employed

bladder cystometry and EUS electromyography recordings combined with intravenous or intrathecal

pharmacological interventions of 5-HT2A receptors in female SCI rats. Three to four weeks after

a T10 spinal transection, systemic and central blockage of 5-HT2A receptors with MDL only slightly

influenced the micturition reflex. However, delivery of the 5-HT2A receptor agonist, DOI, increased

EUS tonic activity and elicited bursting during voiding. Additionally, subcutaneous administration of

DOI verified the enhancement of continence and voiding capability during spontaneous micturition

in metabolic cage assays. Although spinal 5HT2A receptors may not be actively involved in the

recovered micturition reflex, stimulating this receptor subtype enhances EUS function and the

synergistic activity between the detrusor and sphincter to improve the micturition reflex in rats

with SCI.

Keywords: micturition; external urethral sphincter; spinal cord injury; serotonin; electromyogram

1. Introduction

The lower urinary tract (LUT) has two main functions, the storage and periodic elimi-
nation of urine. These two processes are dependent upon coordinated activity between
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the smooth muscle of the bladder detrusor and the striated external urethral sphincter
(EUS). In normal conditions, this synergy is accomplished through a complex neural con-
trol system involving multiple neurotransmitters and neuropeptides at the brain, spinal
cord, and peripheral levels. Among the many neuromodulators of micturition, serotonin
(5-hydroxytrpytamine, 5-HT) has gained significant attention over the years as numerous
anatomical [1–3] and pharmacological investigations [4,5] provide important evidence of
5-HT in the central pathways controlling bladder function [6]. Supraspinal serotonergic
pathways mainly originate from the caudal raphe nuclei within the brainstem [7] and
distribute terminals to sensory, motor, and autonomic regions of the spinal cord [8]. Addi-
tionally, previous studies have demonstrated that 5-HT2A receptors are expressed in the
lower spinal cord [9], suggesting that these receptors have a modulatory role in pelvic
visceral function.

Traumatic spinal cord injury (SCI) often interrupts spinobulbospinal micturition reflex
pathways and results in LUT dysfunction. Following SCI, the bladder is initially areflexic
but then partially recovers over time due to the reestablishment of an involuntary spinal
micturition reflex pathway [10]. However, this partial recovery entails the emergence of
detrusor-sphincter dyssynergia (DSD) and bladder hyperreflexia (or overactivity) which
causes inefficient voiding and incontinence. Additionally, a large volume of residual urine
remains in the bladder which increases the risk of infection and even life-threatening renal
failure [11]. The most common treatments used to empty the bladder or treat overactivity
are intermittent catheterization [12], antimuscarinic medications [13], and the neuromus-
cular blocker onabotulinumtoxin A (BTX-A) [14,15]. However, some treatment strategies
have been met with serious health complications. Intermittent catheterization often leads
to recurrent urinary tract infections and re-hospitalization, and antimuscarinic medications
can have varying effects, such as tachycardia and impairment in cognition depending on
what muscarinic receptor they are acting upon [11,16]. Additionally, patients who have
undergone BTX-A injections have reported minor side effects, including urinary retention,
urinary tract infection, and hematuria [17]. Therefore, limited effective treatment options
are available to SCI individuals who suffer from lower urinary tract dysfunction.

The mechanisms that underlie and regulate micturition function after SCI are not
well understood. Thus, there is an urgent need to elucidate such mechanisms of the re-
covered bladder reflex following SCI. Although disrupted supraspinal 5-HT projections
no longer transport serotonin to the spinal cord, a small amount of serotonin remains de-
tectable below the lesion [18]. This residual neurotransmitter was believed to be produced
solely by sparse intraspinal 5-HT neurons [19]. That is, until recent investigations demon-
strated that SCI enables spinal aromatic L-amino acid decarboxylase (AADC) cells distal to
the lesion to acquire an enhanced ability to produce 5-HT from its immediate precursor,
5-hydroxytryptophan [20]. This change in spinal AADC cells is thought to be initiated
by the loss of inhibition from descending 5-HT projections, which together with an up-
regulation of 5-HT2A receptors, increases the excitability of spinal motoneurons. In fact,
expression of a variety of 5-HT receptors persists in the injured spinal cord [21].

Though previous studies reported that activation of 5-HT2A receptors affects blad-
der contractions to reduce residual urine and increase voiding efficiency in urethane-
anesthetized SCI rats [22], it remains unclear if 5-HT2A receptors regulate activity of the
EUS and coordination of detrusor and sphincter activity following SCI. Further, various
5-HT receptor subtypes were recently found to be expressed within the peripheral organs of
the LUT [23,24]. It has been suggested that 5-HT2A subtypes can function as postjunctional
receptors to peripherally induce detrusor contractions, whereas 5-HT7 causes relaxation
of the bladder neck [25]. This implies that these receptors may have contrasting roles
in micturition function depending on where they are localized. It is thus necessary to
differentiate the central vs. peripheral role of the 5-HT system with respect to micturition
function. In the present study, we utilized pharmacological interventions of spinal 5-HT2A
receptors combined with bladder and EUS reflex assessments as well as metabolic cage
assays in conscious SCI rats to answer these questions. The results of these experiments
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have the potential to provide vital guidance for the development of therapeutic strategies
to alleviate urinary dysfunction following SCI.

2. Materials and Methods

2.1. Animals

A total of 23 female adult Wistar rats (weigh 200–250 g, Charles River, Wilmington,
MA, USA) were used. Animals were housed in sets of three per cage to provide social
enrichment. Rats with a spinal cord transection (n = 7) were employed for metabolic cages.
Some of these rats (n = 6, one suffered a leg injury after testing so it was excluded from
subsequent experiments) were later used, together with other SCI rats (n = 6), for micturi-
tion reflex assays. Naïve rats (n = 10) were used to collect spinal cord tissue for molecular
analyses. Institutional Animal Care and Use Committee and National Institute of Health
guidelines on animal care were strictly followed to minimize the number of animals used
and any potential suffering. Humane consideration for the well-being of animals was
incorporated into the experimental design and conduct. All experimental procedures were
reviewed by a local animal care committee to ensure compliance (Project identification
code: 1045137).

2.2. Spinal Cord Surgery

Rats underwent a complete spinal cord transection at the 10th thoracic level (T10) to
remove supraspinal control of micturition. Animals were anesthetized with 2% isoflurane
and a partial laminectomy was performed at the T8 vertebrae to expose the dorsal spinal
cord. The spinal cord was completely transected at T10 using a No. 11 blade. Lesion
completeness was verified visually at the time of surgery. Overlying musculature and
skin were then closed. Animals were administered Lactated Ringer’s solution (Baxter
Healthcare, Deerfield, IL, USA), cefazolin (10 mg/kg), and buprenex (0.1 mg/kg; Reckitt
Benckiser, Slough, United Kingdom) post-operatively. Bladders were manually expressed
at least three times per day until sacrifice.

2.3. Metabolic Cages

Three weeks after SCI, rats (n = 7) were placed in a metabolic cage apparatus (Braintree
Scientific, Chicago, IL, USA) to record spontaneous voiding patterns. It is important to
note that prior to being placed in cages, bladders were manually expressed to ensure
that they were empty at the beginning of the recording. After being placed into cages,
animals were allowed 3 h for acclimation before the administration of drugs or vehicle.
Then, animals were subcutaneously (s.c) injected with 300 μL of either saline or the 5-
HT2A agonist 2,5-dimethoxy-4-iodoamphetamine (DOI, 60 μg/kg). Urine output was
measured on a pressure sensor connected to a computer for the recording of micturition
frequency, expelled volume per void of urine, and voiding interval. Data was collected and
stored using Windaq-148 software (Dataq Instruments, Akron, OH, USA). This procedure
was repeated three times with either saline or DOI injections. The following micturition
variables were assessed: (i) total urine expelled, (ii) volume of urine expelled per void, (iii)
voiding frequency, and (iv) total water consumed. These variables were evaluated at both
a 3 and 6 h time point following drug or vehicle administration. In each rat, parameter
values from three different experiments were averaged together to determine the mean
value, which was further used to statistically analyze the data using a paired t-test.

2.4. Bladder Cystometry and EUS Electromyography (EMG) Recordings

Three to four weeks after SCI, rats were anesthetized with 2% isoflurane and an in-
cision was made in the lower abdomen to expose the bladder. The apex of the bladder
dome was punctured using a 20-gauge needle. One end of a catheter (PE-60; Clay Adams,
New York, NY, USA) was inserted into the bladder [26]. The abdominal wall was then
sutured closed with the other end of the catheter protruding from the sutured area to allow
for infusion of saline into the bladder. To obtain EUS electromyography (EMG) recordings,
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the pubic symphysis was removed to expose the urethra and EUS. Two fine-wire electrodes
(AstroNova, West Warwick, RI, USA) with exposed tips were percutaneously inserted on
both sides of the EUS. Alternatively, two internal electrodes were placed on both sides
of the EUS via the opening of the pubic symphysis. In rats receiving intravenous (i.v.)
delivery of pharmacological agents (n = 6), a separate cannula (PE-10) filled with saline
was implanted in the right femoral vein. In rats receiving intrathecal (i.t.) delivery of
drugs or vehicle (n = 6), an ITC 32G catheter (ReCathCo, Allison Park, PA, USA) was
placed underneath the dura at the 1st/2nd lumbar spinal cord level (L1/2) and the tip of
the catheter was further advanced to the L6/S1 level [27]. In both i.v. and i.t. delivery,
rats received injections of gradually increased doses of MDL and then increasing doses of
DOI followed by blockage with MDL.

After disconnecting with isoflurane, rats were placed into a restraining cage (KN-
326, Natsume, Tokyo, Japan and given time to regain consciousness before recordings.
The bladder catheter was connected to a pressure transducer (Transbridge, WPI, Sarasota,
FL, USA) and a microinjection pump (SP2001, WPI). Electrodes were connected to an al-
ternating amplifier (P511, AstroNova, West Warwick, RI, USA) and a recording system
(Windaq, DATAQ Instruments, Akron, OH, USA) at a sample frequency of 10 kHz. Room
temperature saline was slowly infused into the bladder (0.1 mL/min) and at least 1 h
adaptation time was ensured before starting the recording. Adaptation was confirmed
visually by the appearance of consistent voids as evident in bladder pressure and stabiliza-
tion of EUS EMG activity. During the recordings, at least 4 continuous stable micturition
cycles pre- and post- drug delivery were collected per rat. Experiments lasted no longer
than 4 h. Afterwards, the recorded cystometry and EMG traces were opened in Dataq
Browser software for analysis. Urodynamic parameters including the voiding amplitude of
intravesical pressure (VA), the voiding interval between two sequential voiding events (VI),
the voiding volume (VV), bladder contraction duration (CD), and non-voiding contractions
(NVCs) were measured. NVCs were defined as rhythmic intravesical pressure increases
that were at least 5 mmHg from baseline without a release of fluid from the urethra [28].
Additionally, various EUS EMG parameters were also evaluated including, EUS tonic and
bursting activity which occur before and during voiding, respectively. To measure the
tonic activity, the root mean square (RMS) and maximum amplitude (MA) of EMG activity
were evaluated during 5 s of the filling phase right before a void occurred. The duration
of EUS bursting activity during voiding was measured. In these SCI rats, EUS bursting
activity occurred ~40–50% of the time while others displayed high-amplitude tonic activity
during voiding. In each rat, the parameter values in 4 voiding cycles were averaged to
determine the mean value for statistical analysis. The post-drug/saline parameters for each
rat were normalized by basal values as a percentage and then a Friedman’s test followed
by Dunn’s multiple comparisons was used. Immediately after the recordings, some rats
were overdosed with euthasol to harvest fresh tissues for molecular analysis.

2.5. Drugs

The 5-HT2A agonist DOI or antagonist (R-(+)-α-(2,3-dimethoxyphenyl)-1-[2-(4-
fluorophenylethyl)]-4-piperidinemethanol (MDL) were dissolved in saline. The doses
of drugs (Tables 1 and 2) were chosen on the basis of previously described data [22] as well
as our own pilot experiments. In metabolic cage assays, DOI (60 μg/kg; 300 μL) was s.c.
administered whereas injections of saline (vehicle) served as a control. For cystometry and
EUS EMG recordings, saline was delivered i.v. (100 μL) first and increased doses of drugs
with equivalent volumes subsequently followed. In rats with i.t. drug administration, a vol-
ume of 10 μL was injected for saline or each drug dose. Urodynamic data were collected
after each dose of a drug was delivered. The interval was at least 30 min between adjacent
doses. For administration of the 2nd drug (DOI), we waited at least 1 h after the last dose
of the 1st drug (MDL) was delivered to allow sufficient time for washout. Data were then
collected again during basal and saline conditions followed by drug delivery.
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Table 1. Normalized parameters of bladder cystometry and EUS EMG activity in SCI rats (i.v. administration).

Drugs
Doses
(/kg)

Bladder CMG EUS EMG
VV

VA CD VI # NVCs RMS MA

MDL (n = 6)
(5HT2A receptor

antagonist)

Saline 1.11 ± 0.10 0.96 ± 0.05 1.00 ± 0.05 1.31 ± 0.31 0.95 ± 0.06 0.82 ± 0.12 0.95 ± 0.09
20 μg 1.01 ± 0.19 0.93 ± 0.05 1.07 ± 0.14 1.25 ± 0.70 0.87 ± 0.02 0.71 ± 0.09 1.00 ± 0.15

0.1 mg 0.97 ± 0.06 0.98 ± 0.06 1.22 ± 0.11 * 1.56 ± 0.86 0.96 ± 0.09 0.81 ± 0.10 1.15 ± 0.10
0.5 mg 1.04 ± 0.04 0.95 ± 0.06 1.10 ± 0.07 0.88 ± 0.79 1.11 ± 0.16 1.00 ± 0.37 1.09 ± 0.14

DOI (n = 6)
(5HT2A receptor

agonist)

Saline 1.11 ± 0.10 0.96 ± 0.05 1.00 ± 0.05 1.31 ± 0.31 0.95 ± 0.06 0.82 ± 0.12 0.95 ± 0.09
5.0 μg 1.08 ± 0.04 0.98 ± 0.04 1.34 ± 0.11 1.00 ± 0.84 1.03 ± 0.14 0.69 ± 0.97 1.23 ± 0.15
20 μg 1.06 ± 0.08 1.12 ± 0.04 1.73 ± 0.17 * 2.19 ± 1.59 1.13 ± 0.13 0.84 ± 0.21 1.32 ± 0.12 *

0.1 mg 1.00 ± 0.08 1.01 ± 0.04 1.51 ± 0.30 1.31 ± 0.80 1.53 ± 0.24 * 1.64 ± 0.55 1.24 ± 0.17

* p < 0.05; VA, voiding amplitude of intravesical pressure, CD, contraction duration, VI, voiding interval, VV, voiding volume, NVCs,
non-voiding contractions, RMS, root mean square, MA, maximum amplitude of tonic activity; # non-normalized data.

Table 2. Normalized parameters of bladder cystometry and EUS EMG activity in SCI rats (i.t. administration).

Drugs
Doses
(/kg)

Bladder CMG EUS EMG
VV

VA CD VI # NVCs RMS MA

MDL (n = 6)
(5HT2A receptor

antagonist)

Saline 1.23 ± 0.11 1.01 ± 0.01 1.12 ± 0.11 0.29 ± 0.15 0.97 ± 0.19 0.92 ± 0.07 0.81 ± 0.03
2 μg 1.13 ± 0.10 0.97 ± 0.01 1.12 ± 0.11 0.20 ± 0.13 1.09 ± 0.06 0.95 ± 0.08 0.78 ± 0.03
10 μg 1.22 ± 0.18 1.08 ± 0.09 1.34 ± 0.20 0.29 ± 0.15 0.98 ± 0.05 0.74 ± 0.11 1.07 ± 0.09
50 μg 0.81 ± 0.08 0.83 ± 0.05 1.19 ± 0.15 0.58 ± 0.26 1.11 ± 0.05 1.46 ± 0.30 0.95 ± 0.09

DOI (n = 6)
(5HT2A receptor

agonist)

Saline 0.94 ± 0.03 1.09 ± 0.04 1.24 ± 0.14 1.08 ± 0.60 1.01 ± 0.03 1.17 ± 0.20 0.95 ± 0.10
0.5 μg 1.03 ± 0.09 1.14 ± 0.05 1.42 ± 0.46 0.79 ± 0.64 1.01 ± 0.03 1.05 ± 0.09 0.88 ± 0.12
2 μg 1.21 ± 0.13 1.13 ± 0.08 3.27 ± 1.04 * 2.70 ± 1.77 1.14 ± 0.17 1.12 ± 0.28 1.14 ± 0.18

10 μg 1.12 ± 0.11 1.09 ± 0.05 3.98 ± 1.58 * 3.33 ± 2.41 1.46 ± 0.21 1.96 ± 0.31 1.33 ± 0.18 *

* p < 0.05; VA, voiding amplitude of intravesical pressure, CD, contraction duration, VI, voiding interval, VV, voiding volume, NVCs,
non-voiding contractions, RMS, root mean square, MA, maximum amplitude of tonic activity; # non-normalized data.

2.6. Fresh Tissue Harvesting and Protein Isolation

Anesthetized rats were perfused with HEPES buffer and approximately 0.5 cm spinal
cord segments at T4/5 above the injury as well as L1/2 and L6/S1 below the injury,
where neurons control the LUT, were extracted from naïve (n = 4) and SCI rats (n = 8).
Sections were immediately frozen in dry ice and stored in −80 ◦C. Spinal cords were
homogenized in 1 ml of RIPA buffer with Pierce™ protease and phosphatase inhibitors
(1 tablet/10 mL RIPA buffer, Thermo Scientific, Waltham, MA, USA). The homogenized
spinal cords were centrifuged at 4700 rpm for 90 s, and supernatants were obtained and
stored at −80 ◦C. Following homogenization, standard protein concentrations were es-
tablished with a Bradford protein assay, and plates were read on an Infinite® 200 Pro
microplate reader (Tecan, Männerdorf, Switzerland) at 595 nm using the i-control soft-
ware package.

2.7. Western Blot

A total of 30 μg of each spinal cord sample was denatured using 2× Laemmli buffer
containing 5% β-mercaptoethanol at 95 ◦C for 5 min and loaded onto a Mini-PROTEAN®

TGX Stain-Free™ Protein Gel (Bio-Rad, Hercules, CA, USA). All gels ran for 15 min at
80 V, followed by an additional 30 min at 200 V. Following separation, the samples were
transferred onto a polyvinylidene difluoride membrane (Bio-Rad) using the Trans-Blot®

Turbo™ machine (Bio-Rad). After transfer, membranes were incubated with primary
antibody against the 5-HT2A receptor (rabbit, 1:500, Immunostar, Hudson, WI, USA)
and glyceraldehye-3-phosphate dehydrogenase (GAPDH, mouse, 1:2000, Cell Signaling
Technology, Danvers, MA, USA) overnight at 4 ◦C. Membranes were then probed with
an anti-rabbit or mouse HRP-linked secondary antibody (1:10,000, Cell Signaling). Mem-
branes were then developed with the Clarity™ Western ECL substrate kit (Bio-Rad) and
imaged using HyBlot CL™ autoradiography film (Denville, Metuchen, NJ, USA). Receptor
expression was normalized to the corresponding protein density of GAPDH. Following
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normalization, data was averaged and further compared between naïve and SCI groups
with a student’s t-test (p < 0.05).

2.8. RNA Extraction/Quantitative Real-Time PCR

Anesthetized rats (n = 6 naïve and 9 SCI) were decapitated and immediately fresh
spinal cord tissue at T4/5, L1/2, and L6/S1 segments (approximately 0.5 cm) was dis-
sected. Total RNA was extracted with an E.Z.N.A. Kit II (Omega Bio-Tek, Norcross,
GA, USA) according to the manufacturer’s instructions. RNA concentration and the
260/280 nm absorbance ratio were assessed using a Nanodrop spectrophotometer (Thermo
Fisher). RNA was reverse transcribed into cDNA using the iScript reverse transcrip-
tion supermix (Bio-Rad). Quantitative real-time PCR was performed with SYBR Green
PCR Master Mix on a CFX Connect Real-Time PCR detection system (Bio-Rad). Primer
sequences used were 5-HT2A forward: 5′-AGAAGCCACCTTGTGTGTGA-3′, reverse: 5′-
TTGCTCATTGCTGATGGACT-3′; GAPDH forward: 5′-CCATCCCAGACCC CATAAC-3′,
reverse: 5′-GCAGCGAACTTTATTGATGG-3′. Expression levels for each amplified gene
were calculated using the comparative ΔCt method, where ΔCt = Ct (experimental gene) –
Ct (reference gene) for each biological replicate. GAPDH was chosen as a reference gene.
For each mRNA measured in qPCR, gene expression values were averaged across biological
replicates. The data was further statistically analyzed using a student’s t-test to compare
gene expression between naïve and SCI rats (p < 0.05).

2.9. Statistical Analyses

Statistical analyses were performed in GraphPad Prism 8 (GraphPad Software,
San Deigo, CA, USA). Significance throughout all experiments was set at p < 0.05. Data are
represented as mean ± SEM. All groups (intact vs. SCI) and drugs (saline, MDL, DOI) were
kept blind to the observer as to avoid biases during molecular and urodynamic analyses.
Detailed analyses are listed separately under each experiment described above.

3. Results

3.1. 5-HT2A Protein and Gene Expression Is Sustained in the Spinal Cord Following SCI

Protein expression of 5-HT2A receptors was measured with western blot. No dif-
ference was observed between naïve and SCI rats in terms of protein expression levels
of this receptor above and below the level of injury (Naïve T4/5, 0.24 ± 0.05; SCI T4/5,
0.18 ± 0.03; Naïve L1/2, 0.33 ± 0.08; SCI L1/2, 0.19 ± 0.05; Naïve L6/S1, 0.33 ± 0.09;
SCI L6/S1, 0.21 ± 0.04; all p > 0.05, Unpaired t-test). This included two important seg-
ments, L1/2 and L6/S1, which are related to micturition control (Figure 1A, B). In line
with the aforementioned results, mRNA levels of 5-HT2A receptors measured with qPCR
were not altered (Naïve T4/5, 7.08 ± 0.62; SCI T4/5, 6.41 ± 0.68; Naïve L1/2, 7.28 ± 0.85;
SCI L1/2, 6.13 ± 0.65; Naïve L6/S1, 7.30 ± 0.79; SCI L6/S1, 5.89 ± 0.59; all p > 0.05) in
SCI rats (Figure 1C). Therefore, the results suggest that expression of 5-HT2A receptors is
sustained in the spinal cord after SCI.
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Figure 1. Spinal 5-HT2A receptor expression remains unchanged after SCI. (A), Western blots show
that there is no difference between naïve and SCI rats in terms of protein expression levels of the 5-
HT2A receptor above (T4/5) and below the level of injury (L1/2, L6/S1) (Student’s t-test, all p > 0.05).
(B,C), Quantitative PCR analysis reveals that mRNA levels of this receptor were not altered at any of
the aforementioned segments in SCI rats (all p > 0.05). GAPDH served as a control.

3.2. I.v. Drug Delivery and its Effects on Bladder and EUS Reflexes

Three to four weeks after T10 spinal cord transection, animals were utilized for bladder
cystometry and EUS EMG assays. Firstly, a serial dose of the 5-HT2A receptor antagonist
MDL was administered i.v. to determine the function of these receptors in the recovered
micturition reflex (Table 1). Following administration of the antagonist, there were no
dramatic changes in cystometry and EMG parameters except a significantly prolonged VI
(p < 0.05, Friedman’s test followed by Dunn’s) following injection of the middle dose of the
drug. However, some obvious responses were detected after the 5-HT2A receptor agonist
DOI was administered. The mid (20 μg/kg) dose of the drug was able to increase the VI
(p < 0.05) and induce a larger VV (p < 0.01). The occurrence of NVCs had no significant
changes after administration of any of the drugs (all p > 0.05). Notably, the high dose of
DOI (0.1 mg/kg) produced a significant increase in tonic EUS activity (RMS p < 0.01) and
there was also a trend for an increase in the MA value. It also induced non-specific activity
of the EUS along with high amplitude contraction during continuous infusion of saline
into the bladder (Figure 2A). More importantly, DOI was able to trigger a bursting pattern
in the EUS in 4 rats that did not have any such events during baseline or saline delivery.
It is important to note that corresponding bladder high frequency oscillations (HFO) did
not often accompany bursting in these animals (Figure 2B). Ensuing administration with
the mid dose of MDL (0.1 mg/kg) abolished the effects of DOI on the EUS, including
decreased EUS tonic activity in the filling phase and masked bursting during voiding.
Specifically, the results illustrate that systemic blockage of 5-HT2A receptors with MDL
has subtle effects while activation of this receptor subtype with DOI increases EUS tonic
activity and elicits bursting to facilitate voiding in SCI rats.
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Figure 2. Intravenous (i.v.) administration of DOI to stimulate 5-HT2A receptors improves the
micturition reflex during bladder cystometry and sphincter EMG in SCI rats. (A), Stimulating 5-HT2A

receptors with the middle dose of DOI (20 μg/kg) prolongs the VI (p < 0.05, Friedman’s test followed
by Dunn’s) between voiding contractions (asterisks). The high dose of DOI (0.1 mg/kg) increases
EUS tonic activity in the filling phase (p < 0.01). Ensuing injection of MDL (0.1 mg/kg) eliminates
the provoked effects. (B), Representative traces show no EUS bursting activity during voiding
when saline is delivered. However, the middle dose of DOI triggers EUS bursting activity during
voiding. Injection of MDL following the high dose of DOI masks the triggered bursting EUS activity
during voiding.

3.3. I.t. Drug Delivery and Its Effects on Bladder and EUS Reflexes

To clarify whether the effects produced from 5-HT2A receptor manipulation on the
urinary system were working through central mechanisms, we administered drugs i.t.
during bladder cystometry and EUS EMG assays in SCI rats (Table 2). As a result, central
delivery of the 5-HT2A antagonist MDL did not trigger significant responses in bladder and
EUS reflexes. When DOI was administered, both the middle and high doses significantly
prolonged the VI (both p < 0.05, Friedman’s test followed by Dunn’s). The high dose
increased the VV (p < 0.05). Particularly, there was a trend for the high dose of DOI to
induce an increase in EUS tonic activity in both the RMS (1.4 fold) and MA (1.6 fold) values,
although not statistically significant. During voiding, EUS bursting activity accompanied
by bladder detrusor HFO were elicited in 4 animals that did not have such events originally.
The middle dose of DOI increased the duration of EUS bursting (saline 1.6 ± 0.9, DOI
3.8 ± 1.5 s) in 2 rats that had such activity during baseline recordings. This suggests
that DOI can improve the synergistic activity of the sphincter and detrusor (Figure 3).
In addition, there was a trend that suggests the number of NVCs increases after the middle
and high doses of DOI injections, which could be related to the dramatically prolonged VI
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seen with these two doses. After administration with the middle dose of MDL, the effects of
DOI on the EUS were completely abolished. This was apparent by the presence of reduced
EUS tonic activity and the disappearance of bursting (Figure 4). MDL also shortened
the VI of bladder voiding contractions. This suggests that activation of 5-HT2A receptors,
by central administration of DOI, largely affects activity of the EUS, leading to improved
micturition function in SCI rats.

Figure 3. Intrathecal (i.t.) administration of DOI to stimulate 5-HT2A receptors affects the micturition
reflex during bladder cystometry and sphincter EMG in SCI rats. (A), Representative tracers show
that stimulating 5-HT2A receptors with the middle (2 μg/kg) and high (10 μg/kg) doses of DOI
prolongs the VI (both p < 0.05, Friedman’s test followed by Dunn’s) between voiding contractions
(asterisks) and induces an increase in EUS tonic activity. (B), Importantly, the middle dose of DOI
increases the duration of EUS bursting that consists of more regularly occurring active and silent
periods along with bladder HFO, indicating an enhancement of detrusor-sphincter coordination
during voiding.
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Figure 4. Intrathecal (i.t.) administration of MDL abolishes DOI induced excitatory effects on the
EUS reflex in SCI rats. A representative cystometry and EMG trace demonstrates that MDL, a 5-HT2A

receptor antagonist (10 μg/kg), shortens the VI (p < 0.05, Friedman’s test followed by Dunn’s) (A)
and masks bursting EUS activity (B), leading to the occurrence of detrusor-sphincter dyssynergia.

3.4. S.c. Delivery of DOI Improves Spontaneous Micturition Performance Following SCI

SCI rats were s.c. administered DOI in metabolic cage assays. During the 6 h time
period following drug delivery, DOI significantly increased the VI (saline 52.19 ± 7.36, DOI
82.60 ± 8.93; Paired t-test, p < 0.05) and VV per void (saline 0.8 ± 0.13, DOI 1.04 ± 0.17,
p < 0.05) but decreased the voiding frequency (saline 7.63 ± 1.33, DOI 5.11 ± 0.95, p < 0.05)
(Figure 5). It is important to note that urodynamic parameters were examined out to
12 hr post-drug delivery. However, it was found that only significant changes in urinary
performance could be detected at a maximum of 6 h post-drug administration. There was
no significant change in the total VV. Total water intake was not significantly different
between drug and saline controls (both p > 0.05). This implies that DOI can improve
spontaneous micturition function by increasing continence and voiding capability.
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Figure 5. Stimulating 5-HT2A receptors with DOI delivery improves spontaneous micturition func-
tion in SCI rats. Representative traces show volume-frequency patterns of urination in metabolic
cage assays after 5-HT2A receptor stimulation with DOI within a 6-h time period. Saline injections
served as a control. In each “step-like” curve of these traces (A), the vertical lines represent the VV
per void and the horizontal lines illustrate the VI. After s.c. injection of the 5-HT2A receptor agonist
DOI (60 μg/kg, 300 μL), (B) there was a significant increase in the VV per void and VI in comparison
to saline controls (Paired t-test, all * p < 0.05).

4. Discussion

The present study examined the contribution of 5-HT2A receptors in the micturition
reflex after SCI, with a particular focus on the function of these receptors in the EUS.
Blocking spinal 5-HT2A receptors with central delivery of MDL did not have a meaningful
impact on bladder and sphincter activity. This denotes that endogenous spinal 5-HT,
which has been shown to be present at low levels in the cord after injury, [18] may not
modulate recovered micturition function via spinal receptors following SCI. However,
systemic or central stimulation of 5-HT2A receptors with DOI induced similar effects that
increased EUS tonic activity in the filling phase and triggered bursting during voiding.
This indicates that DOI enhances synergistic activity between the detrusor and sphincter to
improve voiding capability. Thus, DOI elicits its effects mainly through spinal receptors
regardless of delivery route. Though spinal 5-HT2A receptors may not play a role in
the established involuntary spinal micturition reflex after SCI, our results suggest that
stimulation of these receptors mainly acts on motoneurons controlling the EUS to improve
coordination of bladder and sphincter activity while also mitigating DSD to enhance
micturition function.

Serotonergic regulation of LUT function has been explored since the 1960s when
dense supraspinal 5-HT innervation to autonomic nuclei was observed in the lower spinal
cord [29,30], including the dorsal horn and Onuf’s nucleus which contains the motoneurons
that control EUS function [7,31]. Although SCI interrupts descending neuronal pathways,
previous studies have demonstrated the ability of the injured spinal cord to produce
monoamines, such as serotonin, caudal to the level of injury [20]. Further, the expression
of various serotonergic receptors within the lumbosacral cord has been examined [32,33]
as well as an indication for their role in micturition function [34–38]. Accordingly, it is
possible that these spinally located 5-HT receptors also serve to modulate pelvic visceral
function after SCI. In line with this, our results have confirmed that neither the protein nor
mRNA levels of 5-HT2A receptors significantly decreased above or below the level of injury.
However, previous studies reported that their expression is upregulated in motoneurons
following SCI [39]. This contradiction could be due to the fact that our tissue samples were
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collected from spinal segments as opposed to specific populations of individual neurons.
Nevertheless, spinal 5-HT2A receptor expression is sustained in the cord of SCI rats.

Serotonergic receptors lie within both the central and peripheral nervous systems.
Despite the fact that 5-HT2A receptors are widely distributed throughout the brain and
spinal cord [9,31,40], this subtype is also present in the smooth muscle and urothelium of
the bladder [24]. This implies that systemic drug administration may have both peripheral
and central-mediated effects. The middle dose of MDL increased the VI when it was i.v.
injected but did not do so in i.t. delivery, suggesting this minor effect may be mediated
peripherally. In opposition to this, delivery of DOI both i.v. or i.t. elicited similar effects on
the micturition reflex. The role of DOI in bladder function following SCI has previously
been studied and dramatic effects on the facilitation of voiding were reported. Yet, it is
unknown if this drug acts on motoneurons controlling the EUS muscle with regards to the
coordination of the detrusor and sphincter for micturition function.

In the present study, DOI was able to elicit EUS bursting and bladder HFO. This in-
dicates that stimulating spinal 5-HT2A receptors, irrespective of delivery route, largely
triggers its effects through central mechanisms that control the sphincter muscle. The EUS
is continuously relaxed during voiding in humans whereas it is phasically relaxed in
rats. Bursting EUS activity and bladder HFO occur during the expulsion phase in rats.
SCI rats mainly show increased EUS tonic activity with little or no bursting and virtually
no bladder HFO during voiding [41]. EUS bursting consists of both high frequency spikes
that are deemed active periods (AP) and quiescent periods known as silent periods (SP),
which alternate in such a way to allow for relaxation and contraction of the EUS, respec-
tively, and are essential for efficient voiding [42]. HFO are thought to be generated by
EUS bursting activity since these two patterns often occur synergistically [43]. Here we
reported that stimulation of spinal 5-HT2A receptors with DOI provoked EUS bursting.
Subsequently, delivery of MDL to block these receptors eliminated the aforementioned
effects, confirming mediation by spinal 5-HT2A receptors. Similar to results from previous
studies in which 5-HT2A receptors exert excitatory control of the EUS in spinal cord intact
rats [44], our results verified that activation of spinal 5-HT2A receptors in SCI rats triggers
EUS bursting which originates from simultaneous firing of Onuf’s motoneurons. Never-
theless, it has been assumed that propriospinal neurons in the L3/4 spinal cord contribute
to the emergence of EUS bursting and bladder-EUS coordination [45]. If this is the case,
DOI may indirectly affect Onuf’s motoneurons or does so via propriospinal neurons that
express 5-HT2A receptors.

Stimulation of spinal 5-HT2A receptors with DOI increased EUS tonic activity in the
filling phase during reflex assessments. Since EUS tonic activity reflects the capability of
continence and DOI prolonged this activity between bladder contractions (e.g., prolonged
VI), our data implies that DOI augments the ability to prevent leakage. This was also
confirmed in spontaneous micturition assays by metabolic cages and s.c. administration
of DOI in SCI rats. Because DOI did not affect the amplitude of bladder contractions,
it is reasonable to conclude that the general impact of DOI on the micturition reflex is
primarily caused by the agonist’s effects on motoneurons controlling the EUS rather than
on parasympathetic preganglionic neurons regulating the bladder. In addition to its effects
on the EUS, stimulation of 5-HT2A receptors with DOI was able to significantly increase the
voiding volume with both i.v. and i.t. delivery. This implies that the drug improved voiding
efficiency by either (1) reducing the residual volume of urine that remains in the bladder
following a contraction, (2) increasing bladder capacity, or (3) both. Based on previous
reports, delivery of DOI peripherally or centrally increases the voiding volume while
reducing the residual volume of urine [22,39]. Therefore, it seems likely that the increase
in the voiding volume illustrated in the current experiments is due to improved voiding
efficiency. It appears that DOI can produce similar effects in LUT performance when
administered intravenously, intrathecally, and even subcutaneously. Thus, administration
of DOI mainly stimulates centrally located 5-HT2A receptors and contributes to detrusor-
sphincter synergy to enhance voiding capability in SCI rats. Additionally, it is known
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that DOI also has an affinity for 5-HT2C receptors [46,47]. Previous studies have shown
that central 5-HT2C receptors mainly inhibit the micturition reflex [4]. With this in mind,
we administered MDL, which is a selective antagonist for 5-HT2A receptors [48], directly
following the high dose of DOI. This ultimately blocked changes that DOI induced on
urinary function (e.g., EUS bursting and bladder HFO), and therefore, further supports the
notion that DOI improves micturition performance via 5-HT2A and not 2C receptors.

Urethane is currently the most widely used anesthetic to study micturition physiol-
ogy. In fact, the majority of studies that examine the role of 5-HT receptors have been
completed with the use of urethane or some other anesthetic [22,37,49]. The widespread
use of this anesthetic is largely due to the fact that it spares the micturition reflex and is
long-lasting [50]. Although urethane preserves vital parameters, such as bladder HFO
and EUS bursting, it can interfere with the actions of glutamate and its analogs in the
micturition pathway [51]. In addition, urethane was found to suppress sympathetic out-
flow to the bladder, and thus alter bladder capacity [52]. Notably, things become more
complicated when applying anesthetics to SCI animals that already display several urinary
complications (e.g., no bursting periods and emergence of non-voiding contractions) [53].
Therefore, the present study sought to avoid analgesic-related confounds by using awake
rats for bladder cystometry and EUS EMG recordings.

Although most SCI patients have incomplete injuries as opposed to complete [54,55],
a complete spinal cord transection model was deemed the most appropriate for the pur-
poses of this study. The overall goal of this research was to determine the role of 5-HT2A
receptors in the recovered involuntary micturition reflex following SCI, specifically as it
pertains to EUS activity since this has not been thoroughly examined. If an incomplete
injury was to be used in the current experiments, it would be almost impossible to dif-
ferentiate whether the agonist or antagonist were acting at both supraspinal and spinal
levels that control bladder and EUS reflexes due to sparing. Accordingly, to focus on spinal
serotonergic mechanisms, it was necessary to disrupt all supraspinal control. However,
future experiments may be conducted in a contusion model to determine the efficacy of
the effects seen within the current experiments with DOI. Additionally, we used female
rats instead of males due to the ease of bladder care. Since male rats have a long and
narrow urethra [56], bladder care is very difficult in these animals directly following injury.
Importantly, our previous work has shown that both males and females manifest similar
urinary complications, such as DSD and bladder hyperreflexia, following SCI. However,
future experiments should be conducted in male SCI rats to confirm that there are no
apparent sex differences in terms of the role that 5-HT2A receptors play in the recovered
bladder reflex.

In clinical studies, it was established that duloxetine, a 5-HT and norepinephrine
reuptake inhibitor, was able to significantly reduce stress-related urinary incontinence
episodes in women [57]. Duloxetine is proposed to improve continence by increasing the
bioavailability of 5-HT and norepinephrine at presynaptic neurons in Onuf’s nucleus of
the sacral cord, which in turn, is thought to increase EUS activity. This suggests that sero-
tonergic mechanisms also exist in the human spinal cord, and stimulating these pathways
enhances LUT performance not only following SCI but across a broad range of conditions
that elicit urinary complications. Nevertheless, it is important to note that the effects of
each drug used within our study do not discern what population of cells these receptors
are acting upon. Thus, sites of action should be further explored by whole cell patch clamp
recordings in future studies.

5. Conclusions

Endogenous spinal 5-HT may not modulate recovered micturition function via 5-
HT2A receptors following SCI. Nonetheless, both systemic and central stimulation of these
receptors with DOI can induce similar effects to increase EUS tonic activity in the filling
phase and trigger bursting during voiding. It indicates that DOI enhances coordination of
detrusor and sphincter activity to improve micturition function in SCI rats.
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Simple Summary: Spinal cord injury disrupts the composition of gut bacteria and increases the

prevalence of anxiety-like and depressive-like behaviours. We have previously shown that a fecal

transplant from uninjured donor rats prevents both injury-induced microbiota changes and the

development of anxiety-like behaviour. In the present study, we aimed to determine whether

donor selection would influence the efficacy of a fecal transplant after spinal cord injury. We found

that a fecal transplant from uninjured donor rats with increased anxiety-like behaviour was not

only ineffective in preventing injury-induced microbiota changes, but it also increased intestinal

permeability and anxiety-like behaviour of the recipient rats. The results of this study emphasize

the importance of optimal donor selection for successful fecal transplant treatment following spinal

cord injury.

Abstract: Spinal cord injury (SCI) causes gut dysbiosis and an increased prevalence of depression

and anxiety. Previous research showed a link between these two consequences of SCI by using a

fecal transplant from healthy rats which prevented both SCI-induced microbiota changes and the

subsequent development of anxiety-like behaviour. However, whether the physical and mental state

of the donor are important factors in the efficacy of FMT therapy after SCI remains unknown. In the

present study, rats received a fecal transplant following SCI from uninjured donors with increased

baseline levels of anxiety-like behaviour and reduced proportion of Lactobacillus in their stool. This

fecal transplant increased intestinal permeability, induced anxiety-like behaviour, and resulted in

minor but long-term alterations in the inflammatory state of the recipients compared to vehicle

controls. There was no significant effect of the fecal transplant on motor recovery in rehabilitative

training, suggesting that anxiety-like behaviour did not affect the motivation to participate in

rehabilitative therapy. The results of this study emphasize the importance of considering both the

microbiota composition and the mental state of the donor for fecal transplants following spinal

cord injury.

Keywords: spinal cord injury; fecal microbiota transplant; inflammation; anxiety; rehabilitation

1. Introduction

Spinal cord injury (SCI) causes damage to the spinal cord and disrupts the physical
and mental well-being of individuals with SCI [1]. In addition to motor and sensory
deficits, SCI can cause impairments in autonomic, immune and bowels functions as well
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as disturb the composition of the gut microbiota (termed dysbiosis) [2–5]. In a rat model
of SCI, we have previously prevented SCI-induced dysbiosis by transferring fecal matter
from uninjured donor rats into recipient rats immediately after SCI. This fecal microbiota
transplant (FMT) from uninjured, non-anxious-like rats not only successfully re-established
a healthy microbiota composition after injury, but also improved symptoms of anxiety-like
behaviour [2].

Clinically, FMT is defined as the administration of fecal matter solution from a healthy
donor into the intestinal tract of a recipient [6,7]. The use of FMT in clinical trials has
most commonly been to treat Clostridium difficile infections and irritable bowel disease,
however case reports have demonstrated beneficial results of an FMT for individuals with
Parkinson’s disease, multiple sclerosis, Tourette syndrome, autism and epilepsy [8–14].
Unfortunately, the definition of a healthy donor is less straightforward. Currently, donors
are selected primarily to exclude known pathogens and mitigate the risk of transferring
infectious diseases [15–18]. While ensuring recipient safety is a priority above all, research
on optimal donor selection beyond the exclusion of transmissible pathogens is still at an
early stage [15,19]. Although the choice of donor does not influence the efficacy of FMT to
treat Clostridium difficile infections (currently the only FDA approved use of FMT [20]), it is
unknown how critical donor selection is to treat diseases and disorders with more complex
host-microbiota interaction, such as SCI [9,21].

In the present study, we aimed to determine whether the mental state of FMT donor
rats would influence the therapeutic benefits of FMT after SCI. Rats who displayed naturally
reduced baseline activity levels and increased anxiety-like behaviour (referred to as anxious
donors) were selected as FMT donors. Notably these rats were uninjured and had similar
alpha diversity to uninjured, non-anxious-like rats, which is important since a diverse
microbial diversity has been shown to be an indicator of FMT success for treatment of
ulcerative colitis and Clostridium difficile infections [19,22]. We therefore hypothesized that
FMT from anxious rats would yield similar therapeutic benefits as FMT from non-anxious
rats as in our previous research [2]. Here, rats in the experimental groups received either
vehicle or FMT treatment for 3 days following a cervical contusion SCI and underwent
7 weeks of rehabilitative training in a reaching task targeting their impaired forearm.
Fecal matter and plasma were collected throughout the experiment, and anxiety- and
depressive-like behaviours were assessed at the end of the rehabilitation period. The
inherently increased anxiety-like behaviour of the FMT donors was associated with a
decreased abundance of Lactobacillus in their stool and thus in the FMT solution. Contrary
to our hypothesis, FMT from anxious donors did not prevent SCI-induced gut dysbiosis
and even resulted in some negative side effects. Rats which received the FMT displayed
chronically increased anxiety-like behaviour, long-term alterations in local and systemic
inflammation, and increased intestinal permeability. These results indicate that donor
selection is critical for successful FMT following SCI and possibly other CNS injuries and
diseases as well.

2. Materials and Methods

2.1. Animals

40 female adult Lewis rats (Charles River) were group housed (n = 5 per cage, exper-
imental groups housed separately to avoid coprophagy) on a 12 h light-dark cycle and
received ad libitum access to standard rat chow and water. During training periods, rats
were food restricted to 10 g per rat per day (to encourage reaching for training pellets).
Behavioural testing and all analyses were performed by an experimenter blinded to the
experimental groups. Three groups of rats were used: SCI + vehicle (n = 15), SCI + FMT
(n = 15), and FMT donors (n = 10). The two cages which displayed the highest baseline
anxiety-like behaviour in the open field were chosen as uninjured age and sex matched
fecal donors and were not trained in the single pellet grasping (SPG) training. SCI + vehicle
and SCI + FMT groups were chosen to average each group’s pre-injury success rate in the
SPG task. Data from previous experiments that were used to compare elevated plus maze
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behaviour and Lactobacillus levels were taken from genetically comparable rats from the
same supplier with the same weight, handled the same amount, and received the same diet.

This study was approved by a local animal care and use committee (Health Sciences)
at the University of Alberta and in accordance with the guidelines of the Canadian Council
for Animal Care.

2.2. Experimental Timeline

Prior to SCI, rats in the two experimental groups were pre-trained on the SPG task and
underwent baseline testing on the open field, von frey and gap tests. The von frey test was
also performed 7 days post SCI. Final behavioural testing was performed at the end of the
rehabilitative training period between 63 and 77 days post injury. The FMT donors were
handled daily to control for the potential effect of handling during rehabilitative training.
Immediately following SCI and for two consecutive days thereafter, rats were gavaged
with FMT or vehicle solution. Following 7 weeks of rehabilitative training on the SPG
task, rats underwent behavioural testing. Fecal matter was collected for 16S rRNA analysis
at baseline, on the day of injury (6–12 h after), 3, 7, 14 and 56 days post-SCI. Blood was
collected to measure inflammatory plasma analytes at baseline, 3, 21 and 77 days post-SCI
(Figure 1).

Figure 1. Experimental Timeline.

2.3. Single Pellet Grasping Training

The SPG protocols and equipment were used as previously described [23]. Rats were
first acclimatized to the SPG double-window enclosure and each rat’s preferred paw was
established by manually counting the number of left and right reaching attempts for a
sucrose pellet. Once the preferred paw was established, the pellet dispenser was positioned
so the rat could only reach the pellet with its preferred paw. Rats were trained to reach for a
pellet on one side of the enclosure and then travel to the opposite end where another pellet
was dispensed, etc. Training consisted of 10 min per rat per day, 5 days a week for 6 weeks
prior to SCI. Rehabilitative training began 10 days following SCI and continued for 7 weeks.
Training sessions were video recorded and analyzed offline. The total number of attempts
made (rat reached towards the pellet) and number of successes (rat successfully reached,
grasped and consumed the pellet) were quantified. Success rate was defined as the total
number of successful attempts divided by the total number of attempts multiplied by 100.
Once before SCI and again at the end of the rehabilitative period, rats were tested on a
modified single pellet grasping gap test that prevents compensatory scooping strategies.

2.4. Spinal Cord Injury

SCI cervical contusions were performed as previously described [2]. Rats were anes-
thetized with isoflurane (5% induction; 2.5% maintenance; 50:50 air/oxygen mixture)
and the dorsal neck was shaved and disinfected with 10% chlorhexidine digluconate
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(Sigma-Aldrich, St. Louis, MO, USA). The Infinite Horizons impactor (Precision Systems &
Instrumentation) was used to deliver a 125 kdyn unilateral contusion 1.25 mm lateral to
the midline (on the side of the preferred paw) at an angle of 15 degrees (towards midline)
at cervical level 5. Synthetic braided sutures were used to suture the muscles and the skin
was closed using 9 mm stainless steel clips. Buprenorphine was injected immediately after
SCI and again 8 h after (0.03 mg/kg; subcutaneous; WDDC). Saline was injected (4 mL,
subcutaneous) post operatively and bladders were manually expressed until voiding was
re-established (within 2 days post SCI).

2.5. Behavioural Testing

2.5.1. Light Dark Box

Rats were placed in the light component of a customized light-dark box apparatus
(dark compartment 0 lux; light compartment 100 lux; each chamber 30 cm long × 30 cm
wide × 30 cm high) and allowed to freely explore for 10 min while video recorded from
above. The time spent in the light component was analyzed as measures of anxiety-
like behaviour.

2.5.2. Elevated Plus Maze

Rats were placed in the center of the elevated plus maze apparatus (2 closed arms:
each 50 cm long × 10 cm wide × 50 cm high, and 2 open arms: each 50 cm long × 10 cm
wide × 1 cm high) and video recorded from above for 10 min. Customized tracking
software (https://github.com/cdoolin/rat-apps, accessed on 1 September 2020) was used
to quantify the percent time spent in the open arms and the total distance travelled. This
test was used only once to avoid one-trial tolerance [24].

2.5.3. Sucrose Preference Test

Rats were exposed to two water bottles in their home cage: one with a 2% sucrose
solution and one with regular drinking water. The percentage of sucrose water consumed
over 48 h was calculated as a measure of anhedonia. The location of the bottles was
switched at 24 h to avoid side preference.

2.5.4. Open Field

Rats were placed in the center of an open field arena (100 cm long × 80 cm wide × 30 cm
high) and video recorded from above for 5 min. Offline video analysis was performed
using customized tracking software (https://github.com/cdoolin/rat-apps, accessed on
1 September 2020) to quantify the total distance travelled.

2.5.5. Cylinder

Rats were placed in an acrylic cylinder (21 cm diameter × 23 cm high) with mirrors
located behind so that the rat could be observed from all sides using one camera. Each
rat was video recorded for 3 min and offline analysis was used to quantify the number of
left and right paw placements made on the side of the cylinder. Forepaw asymmetry was
expressed as the percentage of ipsilesional paw placements.

2.5.6. Von Frey Test

Rats were acclimatized to the testing chamber 5 min per rat the day before testing (IITC
Life Science, Woodland Hills, CA, USA). Tactile sensitivity was assessed on both forepaws
(when the animal was weight-bearing on its forepaws). A rigid probe connected to the
automated Von Frey apparatus was applied in increasing pressure until the rat displayed
a defined nociceptive response (paw retraction, licking) and the maximum pressure that
elicited a withdrawal was recorded. This was repeated 3 times per paw, with a minimum
of 3 min between measures. The average of the 3 measures per paw was used for analysis.
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2.5.7. Social Interaction

The test rat was placed in the open field apparatus with an unfamiliar, uninjured rat
for 10 min while video recorded from above. The time spent in active interaction (sniffing,
nipping, grooming, following, mounting, kicking, boxing, wrestling, jumping on, and
crawling) was recorded as a measure of anxiety-like behaviour [25].

2.6. Fecal Collection and Transplantation

Fecal samples were collected as previously described [2]. During the dark cycle, rats
were placed into individual sterile cages. Fecal pellets were immediately collected, placed
into sterile eppendorf tubes and stored in a −80 ◦C freezer until further processing. For
the fecal transplant solution, pellets were collected from uninjured FMT donors (pooled
from all 10 rats as pooling samples from multiple donors has been shown to be more
effective [26]) and immediately processed to make the transplant solution. The fresh fecal
matter was diluted 1:10 in sterile PBS (10%), L-cysteine HCL (0.05%), glycerol (20%) and
sterile water (60%) and passed through a 100 μm filter. The solution was frozen at −20 ◦C
and thawed at room temperature for 12 h prior to use (the use of frozen fecal matter for
oral FMT has proven to be effective [27]). The SCI + vehicle group received the filtered
solution that did not contain fecal matter. Then, 2 h after SCI and for 2 consecutive days
after, rats were gavaged with 500 μL of either FMT or vehicle solution.

2.7. 16S rRNA Sequencing

DNA was extracted as previously described [28]. Fecal microbial DNA was extracted
with AquaStool solution (Multitarget Pharmaceuticals LLC, Colorado Springs, CO, USA)
as per the manufacturer instructions. Briefly, 100 mg of rat fecal pellet was homogenized
in the AquaStool solution with 0.1 mm beads at 0.6 m/s for 40 s. AquaRemove was
added to remove potential PCR inhibitors per manufacturer’s instruction followed by
ethanol/NaCl precipitation for further purification. DNA Samples were sent to Genome
Quebec (McGill University, Montreal, QC, Canada) for Illumina Miseq sequencing. V3-V4
region of universal 16S rRNA primers with 341 forward primer: 5′-TCG TCG GCA GCG
TCA GAT GTG TAT AAG AGA CAG CCT ACG GGN GGC WGC AG-3′ and 805 reverse
primer: 5′-GTC TCG TGG GCT CGG AGA TGT GTA TAA GAG ACA GGA CTA CHV
GGG TAT CTA ATC C-3′ were used.

Demultiplexed paired-end sequences were merged and performed quality control im-
plementation (mean sequence quality score ≥ 30) and features table construction (amplicon
sequences variants, ASVs) via DADA2 [29] plugin in QIIME2 (version 2019.10) [30]. An
even sequence depth of 9452 reads per sample was used to conduct microbiome diversity
and composition analyses. Taxonomy assignments from the phylum to genus levels were
conducted by a pre-trained Naive Bayes classifier [30] (Silva 132 99% OTUs database)
and the q2-feature-classifier function in QIIME2. Alpha-diversity of Shannon index and
community balance of Pielou’s evenness index, and beta-diversity analysis (unweighted
unifrac emperor distance) were conducted using the QIIME2.

2.8. Blood Collection

The area over the tarsal joint was shaved and the saphenous vein was punctured
using a sterile needle. Blood was collected into a microvette CB300 capillary tube (Sarstedt
Inc., Nümbrecht, Germany) and immediately centrifuged for 5 min at 3000 rpm. Plasma
was then pipetted into sterile microcentrifuge tubes and stored at –80 ◦C freezer until
further processing.

2.9. Cytokine Analysis

Frozen plasma samples were sent to Eve Technologies (Calgary, AB, Canada) and
diluted 2-fold for the Rat Cytokine 27-Plex discovery assay. Cytokines and chemokines
measured were: Eotaxin, EGF, Fractalkine, IFN-gamma, IL-1a, IL-1b, IL-2, IL-4, IL-5, IL-6,
IL-10, IL-12(p70), IL-13, IL-17A, IL-18, IP-10, GRO/KC, TNF-alpha, G-CSF, GM-CSF, MCP-
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1, Leptin, LIX, MIP-1alpha, MIP-2, RANTES, and VEGF. GRO/KC values are not reported
as they were out of range in our samples. For heatmap visualization, plasma analytes were
expressed as a change from baseline (x2 − x1/x1).

2.10. Intestinal Permeability Assay

Once the uninjured FMT donor rats had completed all of their baseline testing and
fecal collections, they were used to assess intestinal permeability. These rats were randomly
divided into an SCI + vehicle group (n = 5) and an SCI + FMT group (n = 5) and received
identical treatment as the original treatment groups (2 h after SCI and for 2 consecutive
days after, rats were gavaged with 500 μL of either FMT or vehicle solution). The day before
injury and again 7 days following SCI, rats were fasted for 4 h and then gavaged with
0.6 g/kg FITC dextran (4 kD, Sigma-Aldrich) diluted in sterile PBS. Blood was collected 4 h
later via the saphenous vein and plasma was collected as described above. Plasma samples
were diluted 1:10 with sterile PBS and transferred to an opaque-bottom 96-well plate.
Samples were run in duplicates and a PBS blank and standard curve measurements were
measured on the same plate. Fluorescence was determined at 530 nm with an excitation at
485 nm on a plate reader (SpectraMax, Molecular Devices, San Jose, CA, USA). Intestinal
permeability was quantified as a fold change from baseline levels.

2.11. Perfusion and Tissue Cutting

At the end of rehabilitative training and all final behavioural assessments (78 days after
SCI), rats were euthanized with sodium pentobarbital (240 mg/kg). Rats were transcar-
dially perfused with saline containing 0.02 g heparin/L followed by 4% paraformaldehyde
in 0.1 M phosphate-buffered saline (PBS) and 5% sucrose. Spinal cords were extracted and
post-fixed in 4% paraformaldehyde 4 ◦C for 4 h and transferred to a 30% sucrose solution
for 5 days. A 1 cm block around the lesion site was embedded in O.C.T. (Sakura Finetek,
Torrance, CA, USA), mounted onto filter paper and frozen at −40 ◦C in 2-methylbutane.
A NX70 cryostat (Fisher Scientific, Waltham, MA, USA) was used to section the cord at a
thickness of 25 μm. Every second section was kept and staggered across eight slides and
stored at −20 ◦C.

2.12. Lesion Analysis

Frozen slides were thawed for 1 h at 37 ◦C and washed in TBS (2 × 10 min). Slides were
placed into 0.5% cresyl violet for 3 min, rinsed with filtered water and serially dehydrated
in EtOH (2 min in 50%, 75%, and 99%). Slides were then placed in xylene (2 × 2 min) and
coverslipped with Permount™. Images of the entire lesion extension were taken with an
epifluorescence microscope (Leica DM6000B, camera Leica DFC350 FX, Wetzlar, Germany)
at 5× magnification and analyzed using ImageJ (National Institute of Health, Bethesda,
MD, USA). Lesion size was calculated as the percent of damaged tissue divided by the
total area of the spinal cord cross section.

2.13. Analysis of IBA1 Staining

Sections were thawed at 37 ◦C for 1 h and rehydrated in PBS (2 × 10) minutes
followed by PBS with 0.3% Triton™ X-100 (PBS-T) (1 × 10 min). Blocking buffer consisting
of 5% normal donkey serum in PBS-T was applied 1 h at room temperature. Sections
were incubated overnight at room temperature in rabbit-anti-IBA1 (1:500, Wako, Cape
Charles, VA, USA) antibody (to visualize microglia/macrophages) with blocking buffer.
The next day, sections were washed with PBS (3 × 10 min) and incubated with donkey-anti-
rabbit AF488-conjugated (1:500, Life Technologies, Carlsbad, CA, USA) antibody in the
blocking buffer solution for 2 h. Sections were then rinsed in PBS (2 × 10 min) and cover
slipped with Fluoromount™. Images were captured with an epifluorescence microscope
(Leica DM6000B, camera Leica DFC350 FX, Wetzlar, Germany) and analyzed using ImageJ
(National Institute of Health, Bethesda, MD, USA). Then, 5× magnification images were
taken to visualize the entire spinal cord cross section 0.25 cm rostral to the lesion, at the
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lesion epicenter, and 0.25 cm caudal to the lesion. The area of IBA+ immunoreactivity was
divided by the total area of each individual spinal cord cross section and expressed as a
percentage of IBA1+ area using thresholding.

2.14. Statistical Analysis

Statistical analyses were performed using GraphPad Prism 8 (San Diego, CA, USA)
and an alpha value of 5% or less was considered significant. Normality was analyzed
using the D’Agostino-Pearson omnibus test. Data at a single time point were analyzed
using an unpaired parametric t-test for two groups and an ordinary one-way ANOVA for
three groups (non-parametric tests were used for data that did not pass normality). Data
with multiple time points were analyzed using an ordinary repeated measures two-way
ANOVA followed by Sidak’s multiple comparison test.

3. Results

3.1. Fecal Microbiota Transplant from Anxious Donors

Although the rats used in the present experiment are genetically identical siblings,
there is a natural variability in their baseline levels of anxiety-like behaviour, which can
be further influenced by environmental stressors. To determine how important optimal
donor selection is, the two cages of rats who naturally displayed decreased baseline
activity in the open field (as an indicator of anxiety-like behaviour [31,32]) were chosen
as the FMT donors. Compared to SCI + vehicle and SCI + FMT groups at baseline (prior
to SCI), FMT donors travelled significantly less distance in the open field (p = 0.0052)
(Figure 2A). This altered behavioural phenotype was associated with significantly reduced
levels of Lactobacillus in the FMT donor’s stool compared to the experimental groups
(SCI + Vehicle and SCI + FMT) at baseline (p = 0.0006) (Figure 2B). Reflecting the lack
of Lactobacillus in the donor stool, the FMT solution also contained a lack of Lactobacillus
(Figure 2B). FMT donors displayed a similar alpha diversity (the bacterial variance within
the samples) as the experimental groups, which was also reflected in the FMT solution
(Figure 2C). Compared to previously successful FMT donors (which, when transferred
to rats after SCI, prevented both SCI-induced dysbiosis and anxiety-like behaviour [2]),
anxious FMT donors spent significantly less time in the open arms of the elevated plus
maze, confirming their increased anxiety-like phenotype (p = 0.0002) (Figure 2D). The
robustness of behaviour in the elevated plus maze of non-anxious uninjured rats throughout
different cohorts of animals is shown in Supplementary Figure S1. Not only did anxious
FMT donors spend significantly less time in the open arms compared to previous non-
anxious donors, they also displayed significant increased anxiety-like behaviour compared
to two separate groups (from different experiments) of uninjured animals run in the
elevated plus maze (p = 0.0006). Anxious FMT donors also displayed significantly lower
proportions of Lactobacillus compared to the non-anxious FMT donors described in our
previous study (p < 0.0001; [2]) (Figure 2E). These data suggest that, although the FMT
donors were uninjured and had a diverse microbiota composition, they had an increased
anxiety-like phenotype and reduced proportion of the genus Lactobacillus, a commonly
prescribed probiotic [33–35].
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Figure 2. Uninjured FMT donor rats displayed altered baseline levels of anxiety-like behaviour and proportions of fecal
Lactobacillus. (A) Fecal microbiota transplant (FMT) donors travelled significantly less distance in the open field compared
to the SCI + vehicle and SCI + FMT treatment groups in the present experiment (measured at baseline prior to SCI).
(B) Fecal matter from FMT donors had significantly decreased baseline proportions of Lactobacillus, which is also reflected
in the decreased amount of Lactobacillus found in the FMT solution. (C) All groups had similar baseline levels of alpha
diversity, including the FMT solution. (D) FMT donors in the current study displayed significantly increased anxiety-like
behaviour in the elevated plus maze (indicated by the percent of time spent in the open arms) and (E) had significantly less
fecal proportion of Lactobacillus relative to successful FMT donor rats from previous experiments. * p < 0.05, ** p < 0.01,
*** p < 0.001, **** p < 0.0001. Gold star represents the FMT solution (A single value and therefore not included in statistical
analysis). Error bars represent standard error mean.

3.2. FMT from Anxious Rats Did Not Prevent Dysbiosis after SCI

Fecal samples were collected prior to injury, on the day of injury, then 3, 7, 14 and
56 days after SCI for 16S rRNA sequencing. The differences in microbial abundance
between the fecal samples was visualized using beta diversity plots. On the day of injury,
3- and 14-days post-SCI there was a deviation in the samples away from baseline values,
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confirming our previous results that a cervical SCI induces acute dysbiosis. At 7- and
56-days post-SCI, the samples clustered closely with baseline values (Figure 3A). When
looking at the beta diversity of the two treatment groups across all time points, there was
no difference between FMT or vehicle treated groups (Figure 3B). Although SCI resulted
in acute dysbiosis visualized in the beta diversity plots, there was no significant effect of
injury or FMT on the alpha diversity (which does not necessarily correlate with changes of
individual bacteria; Figure 3C). Next, we looked at the four most abundant bacteria at the
Phylum level: Bacteroidetes, Firmicutes, Cyanobacteria and Proteobacteria. There was no
effect of SCI or FMT in the proportion of Bacteroidetes or Firmicutes (Figure 3D,E). The
proportion of Proteobacteria was increased on the day of injury and 3 days post injury
(Figure 3F) and the proportion of Cyanobacteria was increased 3 days post-SCI (p < 0.0001
for both) (Figure 3G), however there were no significant effects of FMT treatment. The
proportion of the genus Lactobacillus, a common bacteria present in probiotics [34], was
reduced chronically after SCI in both FMT treated and untreated groups (p < 0.0001)
(Figure 3H). There was no significant difference between groups in any bacteria at the
genus level (Supplementary Figures S2 and S3). These results indicate that the FMT from
anxious donor rats was not successful in preventing SCI-induced dysbiosis.

Figure 3. FMT from anxious donors did not prevent gut dysbiosis following SCI. (A) PCoA plot of beta diversity shows the
diversity between fecal samples over time on the day of injury (DOI), 3-, 7-, 14- and 56-days post-injury (DPI). (B) The same
PCoA plot is shown with the colors representing the groups instead of timepoints. Axis 1 and 2 explain 4.683% and 8.724%
of the variance between samples, respectively. (C) There was no effect of injury or treatment on the alpha diversity. The four
most abundant operational taxonomic units at the phylum level also show no differences between experimental groups in
the proportion of (D) Bacteroidetes, (E) Firmicutes, (F) Proteobacteria and (G) Cyanobacteria. (H) The proportion of the
genus Lactobacillus was reduced after SCI but not affected by FMT. Red lines represent baseline values. Error bars represent
standard error mean.
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3.3. FMT from Anxious Rats Did Not Affect Functional Recovery from SCI

10 days following SCI, rats began 7 weeks of rehabilitative therapy in the SPG task
which targeted their impaired forepaw (Figure 4A). There was no difference between FMT
or vehicle treated rats in the number of attempts made to reach for the pellet, indicating
that the FMT did not influence participation in rehabilitation (Figure 4C). There was a
significant decrease in success rate following SCI, which gradually improved for both
vehicle and FMT groups throughout the rehabilitation period (Figure 4D). To prevent
compensatory pellet-scooping strategies, rats were tested in a modified task where a gap
was introduced between the pellet and the training chamber (Figure 4B). There was a
trend for FMT rats to perform better in the gap test at the end of the rehabilitation period,
however this did not reach statistical significance (p = 0.089) (Figure 4E). FMT treatment
did not alter mechanical sensitivity, however both groups experienced reduced sensitivity
of the ipsilesional forepaw at 7 and 63 days post injury (Figure 4F). At the end of the
rehabilitative training period, rats were tested in the cylinder task to measure forepaw
asymmetry and in the open field to assess locomotor activity; there were no differences
between groups in either of these tests (Figure 4G,H). Although there was no significant
treatment effect in the efficacy of rehabilitative training or motor recovery following SCI,
treatment with FMT from anxious donors resulted in a chronic (77 days post injury) decrease
in the percentage area of IBA+ immunoreactivity caudal to (p = 0.046), but not rostral to or
at, the lesion site compared to vehicle controls (Figure 5A–F). This decreased area of IBA+
cells was not due to differences in injury size, as the lesion extension and area were similar
between groups (Figure 5G–I).

3.4. FMT from Anxious Donors Increased Anxiety-Like Behaviour

At the end of rehabilitative training, rats were tested for depressive- and anxiety-
like behaviours. Rats that received an FMT from anxious donors spent significantly less
time in the open arms of the elevated plus maze (p = 0.0341), although both groups
travelled a similar total distance (Figure 6A–C). The magnitude of differences between
groups in the open arms is less than that observed between anxious and non-anxious
FMT donors (Figure 2D). Furthermore, SCI + vehicle rats displayed less anxiety-like
behaviour than untreated SCI control rats in our previous study [2], which may be due
to the daily rehabilitative training received in the present study. There was also a trend
for the SCI + FMT group to spend less time in the light component of the light-dark box
(Figure 6D) and they drank significantly less sucrose solution (p < 0.0001) (Figure 6E)
compared to vehicle controls. Both FMT and vehicle groups spent a similar amount of time
interacting in the social interaction test (Figure 6F).

3.5. Temporal Profile of Plasma Analytes Following Spinal Cord Injury

To determine the effect of both SCI and the FMT on acute and chronic systemic
inflammation, plasma analytes were measured before SCI, then 3, 21 and 77 days after
injury. There was an overall trend of increased levels of all plasma analytes at 3- and 21-days
post SCI, and a drastic downregulation by 77 days in both experimental groups (Figure 7).
Looking at the concentrations of each plasma analyte over time, rats which received the
FMT displayed significantly increased concentration of LIX at 77 days (p = 0.009), reduced
levels of RANTES at 21 days (p = 0.012) and higher levels of RANTES by 77 days post
injury (p = 0.023) (Figure 8B). There was no significant treatment effect in any of the other
chemokines, cytokines or other analytes measured (growth factors, glycoproteins and the
hormone leptin) (Figure 8A,C).
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Figure 4. FMT from anxious rats did not significantly affect motor recovery following spinal cord injury. (A) Image of a
rat in the regular single pellet grasping apparatus, reaching through a narrow opening for a food pellet. (B) Image of a
rat reaching in the single pellet grasping apparatus that has been modified to include a gap between the pellet and the
opening of the chamber (to eliminate compensatory pellet scooping behaviour). (C) There was no difference between FMT
and vehicle groups in the number of attempts or (D) the success rate in rehabilitative training. (E) The success rate in
the modified gap task was measured once at baseline and again at the end of the rehabilitation period. There were no
significant differences between FMT and vehicle treated groups in the von frey test (quantified as the force required to elicit
a withdrawal response, expressed as a percentage of baseline values) (F) the cylinder test (G) or the distance travelled in the
open field (H). Error bars represent standard error mean.
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Figure 5. FMT from anxious donors reduced the area of IBA1+ cells caudal to the injury. Representative images of IBA1+
positive cells in the cervical spinal cord immediately rostral to the injury (A), at the injury epicenter (B) and immediately
caudal to the injury (C). The percentage of IBA1+ area per spinal cord cross section rostral to, at and caudal to the lesion
is quantified in (D–F), respectively. Immediately caudal to the injury, SCI + FMT rats displayed significantly reduced
IBA1+ area compared to vehicle controls. Representative cross sections of the maximum injury site for SCI + Vehicle and
SCI + FMT groups are shown in (G,H), respectively. (I) Quantification of the rostral (negative measurements) to caudal
(positive measurements) extension of the lesion area was expressed as a percentage of lesioned tissue. * p < 0.05. Error bars
represent standard error mean.
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Figure 6. FMT from anxious donors resulted in a chronic increase in anxiety-like behaviour after SCI. At the end of
rehabilitative training, rats were tested for anxiety-like and depressive-like behaviours. (A) Schematic of a rat in the open
arm of the elevated plus maze. (B) SCI + FMT rats spent significantly less time in the open arms compared to untreated
rats. (C) Both groups of rats travelled a similar amount of distance in the elevated plus maze. (D) SCI + FMT rats spent less
time in the light-component of the light-dark box and (E) drank less sucrose water than untreated rats (each data point
represents a cage containing 5 rats, each of which were considered for statistical analyses). (F) Both fecal transplant treated
and untreated rats spent a similar amount of time interacting in the social interaction test. * p < 0.05, **** p < 0.0001. Error
bars represent standard error mean.
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Figure 7. Heatmap of plasma markers over time following SCI. Plasma markers (cytokines,
chemokines, growth factors, glycoproteins and hormones) were expressed as a change from baseline
values and plotted over time (positive numbers represent an increase from baseline values and
negative numbers represent a decrease from baseline values). Values above 2 were set at 2 for
visualization purposes (RANTES and EGF were affected).
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Figure 8. SCI induced time-dependent changes in plasma cytokines and chemokines. (A) Temporal profile of plasma
cytokines 3 days post injury (3DPI), 21 days post injury (21DPI) and days post injury (77DPI) for SCI + Vehicle and
SCI + FMT groups. (B) Temporal profile of plasma chemokines show that SCI + FMT rats have significantly increased
levels of LIX and RANTES at 77 days compared to vehicle controls. (C) Profile of other plasma markers (growth factors,
glycoproteins and hormones) over time after injury. Red lines represent baseline values. * p < 0.05. ** p < 0.01. Error bars
represent standard error mean.

3.6. FMT from Anxious Donors Increased Intestinal Permeability

Increased intestinal barrier permeability has previously been shown in mice 7 days
following a thoracic SCI, which can allow bacterial and other matter to translocate across
the impaired epithelial tight junctions [4,36]. To test whether a cervical contusion SCI in rats
also triggers an increase in intestinal permeability, rats were gavaged with FITC-dextran
and the concentration of FITC was measured in blood 4 h later (Figure 9A). This test was
performed before SCI and again 7 days later and expressed as a fold change from baseline to
account for individual differences. SCI alone did not alter intestinal permeability, however
FMT from anxious donors increased intestinal permeability by nearly 20% compared to
baseline (SCI + Vehicle vs. SCI + FMT p = 0.043) (Figure 9B). This increased intestinal
permeability was not due to differences in lesion size (Figure 9C). To determine whether
differences in intestinal permeability between groups was associated with changes in
systemic inflammation at the same time, plasma cytokines/chemokines were analyzed in
these rats 7 days post injury. There was no difference between FMT or vehicle controls in
plasma concentrations of cytokines, chemokines, or other growth factors, glycoproteins
and hormones (Figure 9D–F).
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Figure 9. FMT from anxious donors increased intestinal permeability. (A) The FITC-dextran test for intestinal permeability
was performed at baseline prior to spinal cord injury and again 7 days after injury. (B) SCI + FMT rats displayed significantly
increased intestinal permeability relative to vehicle controls. (C) There were no differences between groups in the maximum
lesion size. 7 days following injury, plasma was extracted and analyzed for levels of various cytokines (D), chemokines (E)
and other growth factors, glycoproteins and hormones (F). * p < 0.05. Error bars represent standard error mean.

4. Discussion

The use of healthy human stool to treat diseases has been documented in Chinese
medicine for over 1700 years [37]. However, the first report of FMT treatment in modern
Western medicine was not until 1958 [38], and it was not until 2013 that FMT was included
in the treatment guidelines for recurrent Clostridium difficile infections [39]. The popularity
of FMT as a treatment is increasing rapidly for various other diseases, such as: irritable
bowel disease, irritable bowel syndrome, obesity, autism, Parkinson’s disease, multiple
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sclerosis, metabolic syndrome, stroke and SCI [2,8,14,40–48]. Aside from excluding donors
with known fecal matter pathogens, the selection of FMT donor does not appear to influence
the success of treatment for Clostridium difficile infection [9,21]. However, the same is not
necessarily true for other disorders, especially those with more complicated microbiota-
disease interactions such as SCI. Donor selection criteria beyond the exclusion of known
pathogens is therefore a crucial area of research that is still in its infancy [15,19].

Previously we have shown that FMT from uninjured, non-anxious rats prevented both
acute dysbiosis and the development of anxiety-like behaviour following SCI [2]. Contrary
to our hypothesis, here we show that optimal donor selection is essential for successful
(i.e., prevents SCI-induced dysbiosis) FMT treatment following SCI. Critically, the FMT
donor rats in the present study were uninjured, free of pathogens and are genetically
compatible to the recipients and would likely have passed screening criteria used clinically
for FMT donors. In FMT trials, potential donors undergo a preliminary interview to rule
out potential risk factors such as drug use and medical history [15,19,49–51]. Individuals
who pass the preliminary interview then undergo blood and stool testing to exclude the
risk for transferring infectious diseases [15,19,50,51]. Although a history of psychiatric
conditions is a risk factor for potential FMT donors [52], it is often not considered for
donor screening [15,19,49–51]. This is particularly relevant for studies on the efficacy of
FMT for depression and anxiety. While there are relatively few human studies on FMT for
treating psychiatric disorders, the existing results show short-term success but inconsistent
long-term improvement [53–57]. The results of the present study in rats suggest that even
minor behavioural abnormalities can impact the success of FMT and may help explain
the inconsistent long-term results of FMT treatment for psychiatric disorders. Indeed,
multiple animal studies show that the behaviour of the FMT donor can be transferred to
the recipient [58–62].

In the present study, the FMT donors had increased baseline levels of anxiety-like be-
haviour which was associated with a significant reduction in the proportion of Lactobacillus
in their stool. Although a causal relationship between gut bacteria and the development of
mental health disorders has not been shown, many studies have found a strong association
between the two. For example, humans diagnosed with major depressive disorder have
reduced levels of Lactobacillus compared to controls [63]. Furthermore, Lactobacillus is one
of the most frequently used probiotic bacteria and has been shown to improve anxiety and
depression in multiple preclinical studies [64–66] and clinical trials [67–69]. In a recent
double-blind, randomized, placebo controlled study, treatment with the probiotic Lactobacil-
lus was shown to significantly reduce kynurenine concentrations in patients with major
depressive disorder [70]. The kynurenine pathway can be activated by inflammation and
is thought to play a significant role in the pathogenesis of depression [71,72]. Reducing
kynurenine concentrations by blocking indoleamine 2,3-dioxygenase (the rate-limiting
enzyme in the kynurenine pathway of tryptophan metabolism [73]) has also been shown
to block lipopolysaccharide (LPS) induced depressive-like behaviour in rodents [74]. The
kynurenine pathway may therefore be an important player in the microbiota-immune-brain
axis involved in the pathogenesis of depression and anxiety following SCI. The lack of
Lactobacillus present in the FMT donor stool may indicate alterations in the kynurenine
pathway and be, at least, partly responsible for the unsuccessful FMT. However, there
were no significant differences between FMT and vehicle groups in the proportion of
Lactobacillus following SCI at the time points measured. More detailed sequencing may be
required to detect differences at the species level, as there are over 260 metabolically unique
Lactobacillus strains and only some species are used in probiotics [34,75]. Nonetheless,
sequencing at the Phylum level indicated a global acute shift in the microbiota composition
on the day of injury and 3 days post-SCI which returned to baseline by 35 days, similar to
previously reported [2]. However, in the present study, using FMT from anxious donors
with low levels of Lactobacillus was unsuccessful in preventing SCI-induced dysbiosis.

Although the FMT from anxious donors used in the present study did not improve
SCI-induced dysbiosis, there were some long-term effects on inflammation and anxiety-like
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behaviour. There is a strong link between increased inflammation and the development
of mental health disorders [76,77]. In rodent models of SCI, increased local (brain and
spinal cord tissue) and systemic inflammation have been associated with the development
of anxiety and depressive-like behaviours [78,79]. Here, rats that received the FMT from
anxious donors displayed increased anxiety-like behaviour, which may suggest an increased
inflammatory phenotype. In support of this, FMT from anxious donors resulted in increased
intestinal permeability measured 7 days after SCI. As a potential confound to this test, the
intestinal permeability assay was run in rats with increased baseline levels of anxiety-like
behaviour. Since stress itself can alter intestinal permeability, this may explain why we did
not observe a change in intestinal permeability following SCI in control rats. Nonetheless,
FMT from anxious donors increased the gut permeability of FMT recipient rats, which can
allowed bacterial matter such as LPS to translocate across the impaired epithelial tight
junctions [4,80]. Once in circulation, LPS triggers a strong immune response that can reach
the central nervous system and last for months after exposure [81,82]. Recently, we showed
that systemic injection of LPS following cervical SCI in rats induced a chronic increase
in anxiety-like behaviour in the elevated plus maze [83]. Furthermore, rats that received
LPS displayed enhanced recovery in rehabilitative training and a paradoxical reduction in
microglial and astrocyte density around the lesion site [83]. Similar findings were observed in
the present study; although not statistically significant, FMT treated rats displayed improved
motor recovery in the modified gap test. Additionally, in line with our previous research, we
found that the increased anxiety-like behaviour did not interfere with willingness of the rats
to participate in rehabilitative training (as evidenced by their similar attempt rates across
groups) [83]. Furthermore, rats that received the FMT also displayed significantly reduced
area of IBA1+ cells caudal to the lesion site. These parallels between LPS and treatment
with FMT from anxious donors provide credence to the hypothesis that the long-term side
effects of FMT from anxious donors are a result of endotoxin translocation from a permeable
intestinal barrier [36]. Although we did not measure systemic LPS, the chemokines LIX
and RANTES (both of which are upregulated by LPS) were significantly increased in FMT
treated rats 77 days after injury. RANTES mediates the trafficking of immune cells such
as T cells, monocytes, natural killer cells and mast cells, whereas LIX is best known for
recruiting neutrophils [84,85]; both chemokines are associated with a variety of inflammatory
disorders. Therefore, increased concentrations of LIX and RANTES may suggest a chronic
systemic inflammatory state compared to vehicle controls, however, further evidence would
be required to substantiate this claim. In both groups, we observed a significant increase in
both pro-inflammatory and anti-inflammatory cytokines and chemokines at 3 and 21 days
after SCI. This is likely due to the acute systemic inflammatory response initiated following
trauma to the spinal cord [86,87]. By 77 days, both FMT and vehicle groups displayed
a drastic downregulation in the majority of inflammatory cytokines, which may reflect a
symptom of SCI-induced immune depression [88]. This immune depression is hypothesized
to be triggered by sympathetic dysregulation associated with upper thoracic and cervical
SCIs and generally takes time to develop following injury [89,90].

5. Conclusions

In conclusion, these results highlight the importance of optimal donor selection for
successful FMT treatment following SCI. Although the FMT donors were otherwise healthy
and pathogen free, they displayed naturally increased anxiety-like behaviour and reduced
proportions of Lactobacillus. FMT from these anxious donors did not prevent SCI-induced
dysbiosis and had some negative side effects including increased intestinal permeability,
increased anxiety-like behaviour, and minor yet chronic alterations in both local and
systemic inflammation. Future work should investigate whether specific bacteria (such as
Lactobacillus) are required for successful FMT as well as the optimal timing and dosage of
treatment. While recipient safety must prevail above all, vigilant donor selection beyond
the exclusion of known pathogens is essential to improve the success of FMT as shown
here in the context of SCI.
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737/10/4/254/s1, Figure S1: Percent time in the open arms of the elevated plus maze compared
between anxious FMT donors, non-anxious FMT donors, and two other cohorts of rats from previous
experiments. Figures S2 and S3: Microbiota changes at the genus level.
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