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Marine ecosystems encompass a wide variety of invertebrates, pelagic and benthonic,
from intertidal to deep-sea habitats in polar to tropical regions. The invertebrates constitute
a paraphyletic group of animals that includes all metazoans except those belonging to
the chordate subphylum Vertebrata. Therefore, they are distributed through all the phyla
of metazoans (a total of 36 phyla according to some recent classifications), including the
Cephalochordata (lancelets) and Urochordata (tunicates) of the phylum Chordata [1]. It
was estimated that invertebrates correspond to more than 92% of all living marine animal
species [2], ranging in size from microscopic organisms [3,4] to the giant squids. Inver-
tebrates are major components of oceanic food webs, being involved in nutrient cycling.
Suspension-feeders, such as bivalves, remove particles from the water column, thus improv-
ing local water quality, and reef-builders, such as corals, are ecosystem engineers that create
habitats for many other marine species [2]. However, a significant number of these species
are currently endangered by costal habitat destruction, overfishing, ocean acidification and
other forms of pollution that threaten marine biodiversity [2]. In addition to their high
environmental importance, some marine invertebrates also have great economic value. Sev-
eral species of crustaceans and molluscs are greatly sought after for human consumption,
being produced in large quantities in aquaculture facilities or captured through fishing
activities [5,6]. Moreover, the high diversity of marine invertebrates makes them a vast
source of biomaterials and bioactive natural products with pharmaceutical, nutraceutical
and antifouling applications, among other uses [7]. Nevertheless, despite all the research
undertaken so far, much still remains to be investigated about these animals. Therefore,
this Special Issue aimed to collect articles providing new and relevant information in this
field. The seven articles included here reflect the diversity of marine invertebrates. The
studies on echinoderms concern the histology of bizarre deep-sea holothurians [8], gut
regeneration in holothurians [9] and the anti-cancer properties of the coelomic fluid of a
sea-urchin [10]. Another article presents a morphological description of three different
types of acellular material lining hemal spaces of a penaeid shrimp [11]. The study on
Placozoa was focused on the crystal cells that have been implicated in gravity reception in
these very small and simple animals that lack muscles and nerves, which feed by external
digestion [12]. The article on the oesophagus, stomach and intestine of chitons disclosed
new data about the histology and ultrastructure of the digestive system of these less-studied
molluscs [13]. Finally, an extensive study on eunicid polychaetes revealed the influence that
prostomial sensory organs have on brain microanatomy and showed that the specificities
of the sensory organs support the latest phylogenetic relationships within this group of
annelids [14]. In these articles, a variety of research methods were applied in order to
progress our understanding of marine species, including light and electron microscopy,
liquid chromatography, mass spectrometry, flow cytometry and cell and tissue cultures.
With this Special Issue we also seek to stimulate further developments in the investigation
on marine invertebrates, a field with great potential for fascinating new discoveries.
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Abstract: Sea pigs (Scotoplanes spp.) are deep-sea dwelling sea cucumbers of the phylum Echino-
dermata, class Holothuroidea, and order Elasipodida. Few reports are available on the microscopic
anatomy of these deep-sea animals. This study describes the histologic findings of two, wild, male
and female Scotoplanes sp. collected from Monterey Bay, California. Microscopic findings were similar
to other holothuroids, with a few notable exceptions. Sea pigs were bilaterally symmetrical with
six pairs of greatly enlarged tube feet arising from the lateral body wall and oriented ventrally for
walking. Neither a rete mirabile nor respiratory tree was identified, and the large tube feet may
function in respiration. Dorsal papillae protrude from the bivium and are histologically similar to
tube feet with a large, muscular water vascular canal in the center. There were 10 buccal tentacles,
the epidermis of which was highly folded. Only a single gonad was present in each animal; both
male and female had histologic evidence of active gametogenesis. In the male, a presumed protozoal
cyst was identified in the aboral intestinal mucosa, and was histologically similar to previous reports
of coccidians. This work provides control histology for future investigations of sea pigs and related
animals using bright field microscopy.

Keywords: holothuroidea; deep sea; elasipodida; anatomy; morphology; sea cucumbers

1. Introduction

Sea pigs (Scotoplanes spp.) are animals of the phylum Echinodermata, class Holothuroidea,
and order Elasipodida. Echinoderms include five extant classes: Crinoidea, Asteroidea,
Ophiuroidea, Echinoidea, and Holothuroidea. Echinoderms may have pseudoradial or bi-
lateral symmetry, the latter of which is more common in holothuroids [1]. All echinoderms
have a unique type of connective tissue called mutable collagenous tissue that allows
them to relax and stiffen their dermis at will. Mutable collagenous tissue is necessary for
evisceration and autotomy, which allows echinoderms to voluntarily expel internal viscera
and release arms, respectively. Holothuroids are sea cucumbers that collectively occupy a
large number of ecological niches. Approximately 1/3 of all holothuroids live in the deep
sea [2].

The order Elasipodida includes holothuroids that are deep-sea dwelling [3]. The ocean
covers approximately 71% of earth’s surface, with about 90% of it considered deep sea
(>200 m depth) [4]. The deep sea is a harsh environment with extremes in temperature,
pressure, resources, and darkness [5]. Deep-sea dwellers are uncommonly examined due
to the difficulty in obtaining specimens [6].

The individual specimens investigated here (Scotoplanes sp.) are likely representative
of an undescribed species [7]. Their thus-far established depth range is from 985–1900 m,

J. Mar. Sci. Eng. 2021, 9, 848. https://doi.org/10.3390/jmse9080848 https://www.mdpi.com/journal/jmse3



J. Mar. Sci. Eng. 2021, 9, 848

and they have been directly observed as sediment ingesters [8]. The hypothesis is that
this previously unexamined, deep-sea dwelling Scotoplanes sp. is histologically similar to
shallow-water holothuroids, which have been studied in histological detail [9–20].

2. Materials and Methods

Two sea pigs (Scotoplanes sp.), one male (10.8 cm total dead specimen length) and
one female (8.9 cm total dead specimen length), were collected via suction sampler from
the sediment-laden seafloor at 1050 m depth on Smooth Ridge, Monterey Bay, CA, USA
(36◦50.184′ N lat, 122◦09′ W long.) using the Monterey Bay Aquarium Research Institute’s
R/V Rachel Carson and remotely operated vehicle Ventana. After collection, the animals
collapsed and were nonresponsive as assessed by lack of body turgor and lack of any
response to digital manipulation. Additional chemical sedation was not pursued as the
animals were already nonresponsive, and euthanasia was accomplished through 48 h
immersion in 10% neutral buffered formalin. After complete fixation, transverse, coronal
sections were made of the body at 1 cm intervals and processed for histology. After initial
sectioning, the dorsal papillae (also known as antennae; [20]), eviscerated digestive tract,
gonads, and buccal tentacles were cut away from the body; additional transverse and
longitudinal sections were made of these organs and processed for histology. All tissue
sections were processed routinely for histology using a Tissue-Tek VIP 6 AI vacuum
infiltration processor (Sakura Finetek, Torrance, CA, USA) using the overnight protocol.
Tissues were embedded in paraffin, sectioned in 5 μm-thick sections, and stained with
hematoxylin and eosin. Decalcification was not performed as there were no grossly gritty
or hard tissues. Histology slides were scanned using an Aperio GT450 slide scanner
(Leica Biosystems, Buffalo Grove, IL, USA), and viewed and photographed using Aperio
ImageScope software (Leica Biosystems, Buffalo Grove, IL, USA).

3. Results

On gross examination, the body was bilaterally symmetrical with six pairs of large
tube feet (12 feet total) extending from the trivium (i.e., ventrum) and oriented ventrally.
The tube feet are the largest at mid-body and smallest near the anus. Ten specialized buccal
tentacles (also called circumoral tentacles) circumferentially surround the oral cavity [21].
Two pairs of dorsal papillae are on the bivium (i.e., dorsum; Figure 1).

Histologically, the body wall consists of an epidermis and coelomic epithelium sep-
arated by the dermis. A thin cuticle covers the simple epidermis, which is composed of
columnar epithelium. The body wall is variably convoluted with numerous infoldings,
particularly around the buccal tentacles (Figure 2). The dermis is composed of mutable
collagenous tissue and encloses canals and nerves, most of which run longitudinally along
the length of the body wall. There are occasional crystalline, mineralized deposits in the
dermis known as ossicles or sclerites, especially around the buccal tentacles, that polarize
and frequently fall out of histologic section (artifact). The center of the animal has a large,
fluid-filled coelom (also called perivisceral coelom) lined by a single layer of cuboidal to
flattened coelomic epithelium.

External appendages include the tube feet, dorsal papillae, and buccal tentacles, all of
which have the same histologic layers (i.e., epidermis, dermis, and myoepithelium lining a
central water vascular canal). The epidermis around the tube feet contains larger numbers
of secretory cells than the other appendages and is supported by subepidermal glands.
Tube feet have thick longitudinal retractor muscles. Dorsal papillae and buccal tentacles
are lined externally by a highly folded epidermis with an external cuticle and have a central
water vascular channel similar to those seen in tube feet.
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Figure 1. In situ image of Scotoplanes sp., taken from the remotely operated vehicle Doc Ricketts using an Ikegama high-
definition camera fitted with a HA10Xt.2 Fujinon lens. The mouth is surrounded by 10 modified tube feet, called buccal
tentacles (BT), which are used for feeding. Six pairs of tube feet (TF) line the lateral body wall and are oriented ventrally for
walking. Two sets of paired elongate papillae (P) extend from the dorsal body wall (i.e., bivium). Total body length = 14 cm.
Scale bar = 2 cm. MBARI 2014, 1438 m depth, Monterey Bay, CA, USA.

  

Figure 2. Histologic sections of the buccal tentacles of a sea pig (Scotoplanes sp.) stained with hematoxylin and eosin. (a) As-
terisk, water vascular canal; D, dermis; E, epidermis; ME, myoepithelium. Scale bar = 200 μm. Inset: The myoepothelium
has oval, apical nuclei (black arrowhead) subtended by muscle fibers (arrow) aligned on a thick basement membrane (white
arrowhead). Scale bar = 60 μm. (b) The epidermis is highly folded and arranged into arborizing papillary projections. Scale
bar = 60 μm. Inset: Arrowhead, cuticle; E, epidermis. Scale bar = 30 μm.

The alimentary canal in both animals was eviscerated prior to examination (likely due
to stress of capture). Aside from the buccal tentacles and anus, the alimentary canal has a
thin wall composed of a small amount of collagenous stroma with an external coelomic
epithelial lining and an internal digestive mucosa. The digestive mucosa is composed of
tall columnar epithelium with digestive granules oriented apically towards the lumen.
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Surrounding the buccal tentacles, the anterior alimentary canal is lined internally by a
cuticle and is bounded externally by muscle. Additionally, the oral mucosa is highly folded
with increased numbers of digestive granules compared to aboral sections (Figure 3). In
the aboral intestines of the male, a small cyst-like cavity is present in the basal region of
the mucosal epithelium and filled with dozens of approximately 3 × 5 μm, oval cells with
a single nucleus (presumed protozoa) (Figure 4). The lumen of the intestines contains
refractile digesta.

 
Figure 3. Histologic section of the oral mucosa of a sea pig (Scotoplanes sp.) stained with hematoxylin and eosin. DG,
digestive granules; L, lumen; M, mucosa; PC, perivisceral coelom. Scale bar = 60 μm.

 

Figure 4. Histologic section of the intestines of a sea pig (Scotoplanes sp.) stained with hematoxylin and eosin. The lumen
contains digesta (Dig). Arrowhead, coelomic epithelium; asterisk, digestive granules; M, mucosa; PC, perivisceral coelom.
Scale bar = 60 μm. Inset: A cyst-like cavity (arrow) in the basilar aspect of the mucosa resembles a protozoal cyst. Scale
bar = 15 μm.

Throughout the dermis and coelom, there are frequent cross-sections of water vascular
canals that terminate in the tube feet. The entire water vascular system has an internal lining
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of cuboidal ciliated myoepithelium (called endothelium in some texts) [21,22]. The myoep-
ithelial layer is thicker in the appendages than in the internal canals (cf. Figures 2a and 5).
External to the myoepithelium is a connective tissue layer bound externally by coelomic
epithelium in water vascular canals, and bound by dermis and epidermis in the tube
feet [22]. The water vascular system contains clear space, coelomocytes, and some environ-
mental debris (Figure 5). Hemal vessels consist of a thin wall of connective tissue lined
externally by coelomic epithelium. Unlike the water vascular system, there is no internal
lining to the hemal system. There is occasionally a small amount of muscle in the wall of
the hemal vessels.

 

Figure 5. Histologic section of a water vascular canal of a sea pig (Scotoplanes sp.) stained with hematoxylin and eosin. The
lumen (L) contains coelomocytes (solid circles), which are somteimes mixed with environmental debris (dashed circle).
Coelomic epithelium (arrows) is occasionally artifactually detached from the canal wall. Arrowheads, myoepithelium; C,
coelom; L, lumen. Scale bar = 60 μm.

Similar to other echinoderms, the nervous system consists of a network of nerves
without ganglia. There is a circumoral nerve ring at the base of the buccal tentacles, and
multiple branchial radial nerves that extend along the body length. Cross sections of the
circumoral nerve ring are evident in cross sections of the anterior body. The nerves have
peripheral cell bodies and central neuropil/axons (Figure 6).

A single gonad is present in each animal: an ovary in the female and testis in the
male. The gonad consists of a thin sac of connective tissue lined externally by coelomic
epithelium and lined internally by germinal epithelium. Germ cells mature centrally into
previtellogenic then vitellogenic oocytes in the ovary (Figure 7). In the testis, the germ
cells start as spermatogonia and mature centrally, decreasing in size to spermatocytes and
finally spermatids, which are approximately 5–10 μm, spherical, and deeply basophilic
(Figure 8) [23].
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Figure 6. Histologic section of a nerve of a sea pig (Scotoplanes sp.) stained with hematoxylin and eosin. D, dermis; N,
neuropil; NC, nerve cells. Scale bar = 60 μm. Inset: Scale bar = 30 μm.

 

Figure 7. Histologic section of an ovary of a sea pig (Scotoplanes sp.) stained with hematoxylin and eosin. Vitellogenic
oocytes (VO) have some artifactual loss of internal contents, creating artifactual, clear clefts. Arrows, coelomic epithelium;
arrowheads, germinal epithelium; PV, previtellogenic oocyte. Scale bar = 60 μm.
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Figure 8. Histologic section of a testis of a sea pig (Scotoplanes sp.) stained with hematoxylin and eosin. Arrows, coelomic
epithelium; arrowheads, spermatogonia; PC, perivisceral coelom; SZ, spematozoa. Scale bar = 60 μm.

4. Discussion

The results support the hypothesis that histologic findings of these deep-sea dwelling
sea pigs are similar to other holothuroids, though there are few notable differences. Simi-
larities and differences between Scotoplanes sp. and other holothuroids are detailed below.
Ambulacral grooves are present along the polar axis of holothuroids. Depending on the
species, tube feet may be concentrated in these grooves, distributed throughout the body,
or be lacking altogether [2,22]. This species had markedly enlarged, bilaterally symmetrical
tube feet, which are used for walking on the deep-sea ocean floor [24]. Depending on
the holothurian species, the mouth may be surrounded by buccal tentacles, which are
specialized tube feet that may be retracted by during periods of inanition [25]. Ten buccal
tentacles were present in Scotoplanes sp. and had similar histologic composition to the tube
feet except that the epidermis was highly folded.

In holothurians, the intestines terminate in a cuticle-lined canal that leads to the
anus. This canal is the rectum in holothuroids that lack a respiratory tree, and cloaca in
holothuroids that have a respiratory tree, which empties ventilator flow into the cloaca. In
this Scotoplanes sp., a respiratory tree was not identified, which is consistent with gross
anatomical reports of other Elasipodida [2]. The large tube feet of sea pigs are likely par-
ticularly important in gas exchange, which occurs through the body wall in holothuroids
that lack a respiratory tree. Protozoal parasites, specifically coccidians, have been re-
ported in some wild deep-sea elasipodids, particularly around the posterior digestive
tract [24,26–28]. Structures resembling protozoa (i.e., small, elongate, uniform structures
in a cyst-like cavity) were observed in the male Scotoplanes sp., and may represent the
previously reported coccidians.

The water vascular system of holothuians is similar to other echinoderms, except the
madreporite opens in the perivisceral coelom instead of in the external body wall [2,22]. The
hemal and water vascular systems of this species generally appeared similar to holothuroid
reports elsewhere [2,22]. Rete mirabile have been reported in some holothuroids, but were
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not identified in these animals, likely due to lack of a respiratory tree, with which the rete
mirabile are anatomically associated [2].

Most holothurians are sexually dioecious with sexes in separate individuals. Unlike
other echinoderms, holothuroids possess only a single gonad [2,15,23]. Both of these charac-
teristics (i.e., dioecious with a single gonad) were confirmed in this Scotoplanes sp. Previous
research suggests that in elasipodids, the testes of adult males are often inactive (lack
gametogenesis), but ovaries of adult females consistently have active gametogenesis [26].
Both Scotoplanes sp. animals had active gametogenesis, and it is possible that this animal
differs in its reproductive strategy than other elasipodids.

This study presents histologic findings in a sea pig, Scotoplanes sp. Microscopic studies
of these and other animals in this class are limited. The information presented here may
serve as controls for future studies, and provide useful information for deep-sea and
holothurian taxonomists.
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Abstract: The cellular events underlying intestine regrowth in the sea cucumber Holothuria glaberrima
have been described by our group. Currently, the molecular and signaling mechanisms involved in
this process are being explored. One of the limitations to our investigations has been the absence of
suitable cell culture methodologies, required to advance the regeneration studies. An in vitro system,
where regenerating intestine explants can be studied in organ culture, was established previously by
our group. However, a detailed description of the histological properties of the cultured gut explants
was lacking. Here, we used immunocytochemical techniques to study the potential effects of the
culture conditions on the histological characteristics of explants, comparing them to the features
observed during gut regeneration in our model in vivo. Additionally, the explant outgrowths were
morphologically described by phase-contrast microscopy and SEM. Remarkably, intestine explants
retain most of their original histoarchitecture for up to 10 days, with few changes as culture time
increases. The most evident effects of the culture conditions on explants over culture time were the
reduction in the proliferative rate, the loss of the polarity in the localization of proliferating cells,
and the appearance of a subpopulation of putative spherulocytes. Finally, cells that migrated from
the gut explants could form net-like monolayers, firmly attached to the culture substrate. Overall,
regenerating explants in organ culture represent a powerful tool to perform short-term studies of
processes associated with gut regeneration in H. glaberrima under controlled conditions.

Keywords: sea cucumber; intestine explant; in vitro; regeneration; organ culture

1. Introduction

Explants are non-disaggregated tissue or organ fragments removed from an organism.
In mammals, cultured explants are generally used to obtain primary cell lines constituted by
the cells that migrate out from the tiny explants as outgrowths, forming monolayers around
them. Remarkably, in most cases, the original pieces of tissue or explants are discarded [1].
Two variants of this method have been developed to study the tissues themselves, rather
than the isolated cells: organotypic cultures, and explants in organ culture. In organotypic
cultures, cells of different lineages from a donor organ are isolated, expanded, and grown
in three-dimensional scaffolds to generate tissue equivalents. Explants in organ culture, in
contrast, refer to non-disaggregated tissues or whole small organs (such as mice kidneys)
maintained in vitro, retaining most of the in vivo tissue architecture [1]. Organ culture is the
preferred method to study histological changes or the behavior of tissues in response to
external stimuli, rather than the response of individual cells [2]. Explants in organ culture
and their outgrowths have been studied in echinoderms, mainly in the classes Crinoidea
and Ophiuroidea [3–7].

The arm explant model has been the most used in echinoderms for in vitro studies. Arm
explants have been utilized in organ culture to study regenerative processes, mainly using
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histological methods, while some groups have focused on describing their outgrowths.
Pioneering studies by Candia-Carnevali et al. [3] demonstrated that the cellular events
observed in regenerating arms of the crinoid Antedon mediterranea in vivo also occur in
arm explants, which can survive in vitro for several weeks. Similar findings were obtained
by Dupont and Thorndike [4] and Burns et al. [5] using double amputated arm explants
from the brittle star Amphiura filiformis. Additionally, the outgrowths obtained around arm
explants of the species A. mediterranea were studied by Di Benedetto et al. [6]. Few explants
from other echinoderm organs have been cultured. Moss et al. [7] used radial nerve cord
and oral plate explants from the sea star Asterias rubens and the brittle star Ophiura ophiura,
respectively, to study the cells that were able to migrate from them. Recently, our group
established an in vitro system using explants in the class Holothuroidea [8].

Adult holothurians are a powerful model for organ regeneration, due to their fantastic
ability to spontaneously regrow complex organs after autotomy [9]. Many of the cellular
and molecular processes underlying the formation of a new intestine from the mesentery
after evisceration in the species Holothuria glaberrima have been described [10]. Several
techniques have been employed in in vivo studies to decipher these processes; however,
crucial aspects, such as the genomic and signaling regulation of the organ regrowth, remain
to be elucidated. The lack of in vitro systems in holothurians has hampered the implemen-
tation of new techniques to advance the understanding of organogenesis under controlled
conditions, free of systemic variations that might arise in vivo. Thus, we have established
the explant culture, which was recently used to gain new insights about the signaling
mechanisms involved in intestine regrowth [8,11] and the dedifferentiation mechanisms
during radial nerve cord regeneration [12] in our model. Furthermore, intestine explants in
organ culture were crucial to the establishment of gene knockdown by the RNA interference
in H. glaberrima [13].

Here, we implemented the methodology to maintain and characterize regenerating
intestines of H. glaberrima cultured for 24 h, 5 d, or 10 d. For this, we used immunocytochem-
ical techniques (antibodies both commercially available and produced by our group). We
emphasized the effects of the culture conditions on cellular processes that have been well
documented during gut regeneration in vivo in our model, such as muscle dedifferentiation,
cell proliferation, changes in the extracellular matrix components, and the distribution of
cell populations, such as neurons and mesothelial cells in explants. Finally, the explant
outgrowth characteristics were described by phase-contrast microscopy and SEM.

2. Materials and Methods

2.1. Animal Collection and Evisceration

Adult sea cucumbers from the species Holothuria glaberrima were collected from the
rocky shores of northeastern Puerto Rico. Upon arrival to the laboratory, animals were
injected with 3–5 mL of 0.35 M KCl into the coelomic cavity to induce evisceration. After
evisceration, they were maintained in indoor seawater aquaria at room temperature (RT,
20–24 ◦C) with constant aeration until sacrificed. Animals were anesthetized by immersion
in 0.2% 1,1,1-trichloro-2-methyl-2-propanol hemihydrate (chlorobutanol, Sigma-Aldrich,
St. Louis, MO, USA) in natural sea water for 20–30 min before being sacrificed.

2.2. Explants

Gut rudiments and associated mesentery were dissected under a stereoscopic micro-
scope from sea cucumbers undergoing intestine regeneration at 5 days post-evisceration
(dpe). Immediately after dissection, gut rudiment explants were surface disinfected, as
described previously [14], and carefully placed in 24-well plates, one explant per well.
Subsequently, each explant was covered with 1 mL of L-15 culture medium (Leibovitz, Cat.
L4386, Sigma-Aldrich, St. Louis, MO, USA) conditioned for marine species adding salts as
described [14,15] and adjusted to pH = 7.8. The culture medium was also supplemented
with antibiotics (100 U/mL penicillin, 100 μg/mL streptomycin, 50 μg/mL gentamicin),
antifungal (2.5 μg/mL amphotericin B), 1X MEM nonessential amino acids, 1 mM sodium
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pyruvate, 1.75 μg/mL α-tocopherol acetate, and 1X ITS (Insulin, Transferrin, and Sodium
Selenite). All cell culture reagents were purchased from Sigma-Aldrich (St. Louis, MO,
USA). Explants were incubated in a modular incubator chamber (Billups-Rothenberg Inc.,
San Diego, CA, USA) at room temperature (20–24 ◦C) for 24 h, 5 d, or 10 d. Culture medium
was changed every other day. Control explants were 5 dpe regenerating intestines from
sea cucumbers that were dissected and disinfected as the experimental ones, but that were
fixed without placing in culture.

2.3. Characterization of Cell Populations in Cultured Explants by Immunocytochemistry

After incubation, explants were fixed in 4% PFA diluted in 0.1 M PBS at 4 ◦C overnight
(ON). After fixation, tissues were rinsed three times with PBS (15 min each) and cryopro-
tected in 30% sucrose/PBS at 4 ◦C. Intestine explants were mounted in OCT compound
(Sakura Finetek Inc, Torrence, CA, USA) and cryosectioned (20 μm) using a cryostat (model
CM1850, Leica Microsystems, Nussloch, Germany). Immunohistochemical staining of
tissue sections was performed, as previously described [16]. Briefly, tissue sections were
permeabilized with 1% Triton X-100 for 15 min, followed by two rinses with PBS. Then the
tissues were blocked with normal goat serum, and subsequently they were incubated ON
at room temperature in a humid chamber with the primary antibodies shown in Table 1.
These antibodies have been widely used to identify different cell populations in holothurian
tissues in in vivo studies [16–22]. Next day, the slides were washed three times with PBS for
15 min each wash. Then, the tissue sections were incubated with the secondary antibody
goat anti-mouse labeled with Cy3 (GAM-Cy3, 1:1000) or goat anti-rabbit labeled with Cy3
(GAR-Cy3, 1:1000) from Jackson ImmunoResearch Labs (West Grove, PA, USA) for an hour
at room temperature. The same methodology was used for double immunolabeling, except
that tissue sections were incubated simultaneously with both primary antibodies, and the
next day with both secondary antibodies, GAM-Cy3 (1:1000), and GAR-Alexa Fluor 488
(Thermo Fisher Scientific, Rockford, IL, USA). After three additional washes with PBS,
slides were mounted in buffered glycerol solution containing 1 μg/mL of 4′,6-diamidino-
2-phenylindole (DAPI, Sigma-Aldrich, St. Louis, MO, USA). Finally, tissue sections were
visualized and analyzed using a fluorescence microscope (Eclipse Ni, Nikon Instruments
Inc., Melville, NY, USA).

Table 1. Primary antibodies used for immunohistochemical studies.

Antigen (Antibody Name) Raised in Immunogen Cells/Structures
Labeled

Source Dilution

Unknown (Meso-1) Mouse (monoclonal)
Homogenate of the

regenerating
mesothelium

Peritoneocytes and
myocytes of the

mesothelium

Dr. García-Arrarás
lab. [16] 1:50

β-Tubulin (Anti- β-Tubulin
clone Mouse (monoclonal)

Tubulin from S.
purpuratus sperm

axonemes

Subpopulation of
neuron-like cells

Sigma-Aldrich
(T-293) [17] 1:500

HgSTARD10 protein (RN1) Mouse (monoclonal)
Homogenate of the
radial nerve of H.

glaberrima

Subpopulation of
neuron-like cells

Dr. García-Arrarás
lab. [18,19] 1:50,000

GFSKLYFamide (GFS) Rabbit (polyclonal) Synthetic peptide
GFSKLYFamide

Subpopulation of
neuron-like cells

Dr. García-Arrarás
lab. [20] 1:1000

Unknown (Sph3) Mouse (monoclonal)

Holothurian
homeobox peptide
coupled to bovine

serum albumin

Spherulocytes Dr. García-Arrarás
lab. [21] Undiluted

Fibrous collagen (Hg-fCOL) Mouse (monoclonal)

Insoluble intestinal
fibrous collagen

extract of H.
glaberrima

Fibrous collagen Dr. García-Arrarás
lab. [22] 1:10

Bromodeoxyuridine
(Anti-BrdU) Mouse (monoclonal) BrdU Cell nuclei of

replicating cells
Millipore-Sigma

(GERPN202) 1:5
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2.4. Gut Rudiment Area

Following evisceration, the mesentery is attached to the body wall, which comprises
its proximal boundary. At the other end it is ‘free’ within the coelomic cavity. As the ‘free’
end of the mesentery forms the new intestinal rudiment, a constriction forms that separates
the growing intestine from the remaining mesentery. Both boundaries are clearly observed
in the explant tissue sections. Thus, we took photographs of gut rudiments in DAPI-labeled
tissue sections of control and cultured explants (24 h, 5 d, or 10 d) using a Nikon DS-Q12
digital camera attached to the fluorescence microscope. Gut rudiment area was measured
on photographs using the freely available image processing program Image J (version Fiji
1.46, NIH, MD, USA) downloaded from https://imagej.nih.gov/ij/ and last accessed on
15 December 2021. At least three non-consecutive tissue sections were evaluated to obtain
the average of gut rudiment area per explant. At least 4 explants (n = 4–5) were used for
each culture time point and control.

2.5. Muscle and Spindle-like Structures (SLSs)/DAPI Ratio in Cultured Explants

Muscle and spindle-like structures were detected in tissue sections using Phalloidin-
TRITC staining (1:1000, Cat. P1951, Sigma-Aldrich, St. Louis, MO, USA). Slides were
incubated with diluted Phalloidin-TRITC for one hour, then washed three times with PBS
and mounted in buffered glycerol solution containing DAPI. Finally, tissue sections were
visualized and analyzed using a Nikon Eclipse Ni fluorescence microscope.

The number of SLSs and DAPI labeled nuclei per field of view were manually counted
under the fluorescence microscope, using the 100X objective (area = 13,837 μm2) for each
tissue section on three different regions of the mesentery: near the gut rudiment (distal
mesentery), medial segment (medial mesentery), and near the body wall (proximal mesen-
tery) in explants cultured for 24 h, 5 d, or 10 d. The number of SLSs and cell nuclei in the
three regions was averaged to obtain the SLSs/DAPI ratio per tissue section. At least two
non-consecutive tissue sections were used per explant. A total of 5 explants were used in
this experiment for each time point (n = 5).

2.6. Cell Proliferation Assays

Cell proliferation was evaluated in explants from 5 dpe after 24 h, 5 or 10 days in
in vitro conditions by BrdU incorporation assay. BrdU (Sigma-Aldrich, St. Louis, MO, USA)
was added to the cell culture medium at a final concentration of 50 μM for the last 24 h of
culture. For explants maintained for only 24 h in vitro, we added the BrdU at the initial
explant seeding. Detection of BrdU labeling was performed by immunocytochemistry.
The processing of explant tissue sections for anti-BrdU staining was similar to that used
for other markers; however, it included an additional step to denature the DNA after
fixation. DNA denaturation was done by treating tissue sections with 0.05 M HCl for
1 h after permeabilization. After DNA denaturation, tissue sections were washed twice
with PBS, for 10 min each, and then blocked with normal goat serum (diluted 1:50) for 1 h
at RT. Subsequently, cells were incubated with the primary antibody anti-BrdU (1:5, Cat.
GERPN202, Millipore-Sigma, Marlborough, MA, USA) ON. Next day, tissue sections were
washed three times with PBS for 15 min each. Then, tissue sections were incubated with
the secondary antibody GAM-Cy3 (1:1000), mounted, and visualized as was mentioned
previously.

The percentage of BrdU-positive cells was calculated in at least two non-consecutive
tissue sections of gut explants after 24 h, 5 d, or 10 d of culture. For each culture time,
8–10 explants (n = 8–10) were used. To obtain the percentage of BrdU positive cells, pho-
tographs were taken of both the gut rudiment and the mesentery (in three regions: distal,
medial, and proximal mesentery) with 40X objective (area = 85,580 μm2) and imported to
Image J software. The percentage of BrdU positive cells in each region was calculated and
averaged to obtain the percentage of BrdU positive cells per explant. DAPI is a nuclear dye
that labels all nuclei; thus, providing the number of total cells within the field of view, so as
to obtain the percentage of total cells labeled by the BrdU.
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2.7. Morphological Characterization of Explant’s Outgrowths by SEM

Explants from 5 dpe animals were seeded on glass cover slips of 8 mm in diameter
(Electron Microscopy Sciences, Hatfield, PA, USA) coated with poly-L-lysine and cultured
for 24 h, 5 d, or 10 d. After incubation, the cells that were able to migrate from explants
and that remained adhered to the glass coverslips were fixed and dehydrated, as described
in [23], and chemically dried and mounted, as described in [14] with a few modifications.
Briefly, cells were fixed in 4% glutaraldehyde in natural sea water instead of PBS.

2.8. Statistical Analysis

To evaluate the statistical differences in gut rudiment area, SLS/DAPI ratio, and
proliferation rate between control and cultured explants, we employed one-way ANOVA
followed by Tukey’s test for multiple comparisons of means. All values are reported as
mean ± standard deviation (SD). The differences were considered significant when the
p-value was <0.05. The level of significance was denoted in figures with asterisks as follow:
**** p < 0.0001, *** p < 0.001, ** p < 0.01, * p < 0.05, ns = not significant (p-value > 0.05). These
analyses were performed using the software GraphPad Prism 8 (San Diego, CA, USA).

3. Results

Explants from 5 dpe were cultured for 24 h, 5 d, or 10 d. The intestine rudiment
area and the expression and localization of markers for muscle dedifferentiation, cell
proliferation, mesothelium, nerve fibers and neuron-like cells, and components of the
connective tissue were determined in the above-mentioned cultured gut tissues and were
compared to explants dissected at 5 dpe but not cultured (controls).

3.1. Gut Rudiment Area

The gut rudiment grows as intestine regeneration proceeds in H. glaberrima in vivo [16].
Here we determined if the intestine rudiment in explants increases in size as the time in
culture is extended, mimicking the growth observed in vivo. Remarkably, no significant
increase in the gut rudiment area was observed as the culture time increased (Figure 1A–D).
Control and cultured explants showed gut rudiment areas in the range of 2 to 3 × 105 μm2

on average (Figure 1E), which agrees with values reported for intestine rudiments at 5 dpe
in our model in vivo [16]. Overall, our results suggest that explants did not change their
size as the time in culture advanced.

3.2. Muscle Dedifferentiation

Muscle cells, originally assembled into bundles in the mesentery, undergo a process of
dedifferentiation during intestinal regeneration. Muscle disassembly and the concomitant
appearance of spindle-like-structures (SLSs) are a hallmark of muscle dedifferentiation in
echinoderms [3,24,25] and occur following a temporal and spatial sequence [9,16]. Here,
we found that in control explants and in those cultured for 24 h, 5 d, and 10 d the muscle
fibers had disappeared from the gut rudiment and adjacent mesentery (distal mesentery)
but remained from the medial to the proximal mesentery (Figure 2A–D). However, ex-
plants cultured for 5 and 10 days exhibited disorganized muscle fibers in the proximal
mesentery (Figure 2G,H) when compared to control explants and explants cultured for
24 h (Figure 2E,F). Regarding SLSs, they had disappeared from the gut rudiment but
were still present in the mesentery of control and cultured explants (Figure 2A–D). The
same characteristics were observed in sea cucumbers regenerating their intestines at 5 dpe
(in vivo conditions) [16] (as shown in Figure A1), except for the muscle fiber disorganization
observed in explants cultured for 5 and 10 days.
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Figure 1. Gut rudiment area in cultured explants. Representative micrographs of gut rudiments in
control (5 dpe, not cultured) (A), and explants cultured for 24 h (B), 5 d (C), and 10 d (D) are shown.
Gut rudiment area was measured in photographs using ImageJ software. No significant differences
in the gut rudiment area were found between control and cultured explants (E). Columns represent
the mean ± SD for each group of explants, and circles, squares, triangles are the individual values of
each explant. One-way ANOVA. ns = not significant differences (p-value > 0.05), n = 4 for controls,
and n = 5 for cultured explants. Cell nuclei (DAPI) are shown in white. Scale bar = 200 μm.

The SLS/DAPI ratio can be used to indicate the degree of muscle dedifferentiation in
H. glaberrima, where a higher ratio would suggest increased muscle dedifferentiation [8].
As mentioned above, muscle differentiation occurs in a spatial sequence in the mesentery.
Thus, we determined the SLS/DAPI ratio in the three different regions of the mesentery:
distal, medial, and proximal, to verify potential changes at different mesenterial locations.
We observed a trend toward a SLS/DAPI ratio decrease at the distal mesentery in cultured
explants with increased time in culture; however, the reduction was significant only be-
tween explants cultured for 24 h compared to explants cultured for 10 days. Conversely,
we did not observe significant differences in the SLS/DAPI ratio at the medial mesentery;
whereas, at the proximal region, a significant increase in the ratio was observed between
control and explants cultured for 5 d. When the SLS/DAPI ratios of the three mesenteric
regions were averaged for each sample, no significant differences were found between
control and cultured explants, suggesting that in vitro conditions, per se, did not induce
muscle dedifferentiation.

3.3. Cell Proliferation

The ability of cells to proliferate at early regenerative stages is an essential source of
new cells for intestine regrowth. Here we evaluated the ability of cells in explants cultured
for 24 h, 5 d, or 10 d to proliferate using a BrdU incorporation assay. The percentage
of BrdU positive cells was determined in each region of the explants: gut rudiment and
distal, medial, and proximal mesentery, to verify if the pattern in the localization of BrdU
positive cells was similar in control and cultured explants. To confirm the localization
of the gut rudiment and the proximal mesentery (which can be confounded) in cultured
explants, we labeled tissue sections of the same explants with phalloidin (as the polarity
in the localization of SLS is maintained, as was shown in Section 3.2) and anti-BrdU (See
Figure A2). We found that the percentage and distribution pattern of BrdU immunore-
active cells differed in explants, according to the region analyzed and the time in culture
(Figure 3). In explants cultured for 24 h, a higher percentage of BrdU positive cells were ob-
served at the gut rudiment and distal mesentery (16.2 ± 9% and 15.0 ± 6.8%, respectively)
(Figure 3A,D,G,H) compared to the medial and proximal mesenteric regions (5.5 ± 4% and
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4.7 ± 5.1%, respectively) (Figure 3A,D,I,J). In explants cultured for 5 d, the percentage of
proliferating cells was relatively constant (in the range of 7 to 9%) in the different regions
of the explants (Figure 3B,E,G–J). On the contrary, in explants cultured for 10 d, a smaller
percentage of BrdU positive cells was observed in the gut rudiment (1.03 ± 0.7%), and this
value increased in the distal (2.6 ± 1.4%), medial (3.5 ± 3.1%), and proximal (3.7 ± 3.1%)
regions of the mesentery (Figure 3C,F,G,J). In gut rudiments at 5 dpe in in vivo conditions,
the BrdU positive cells were mainly observed in the gut rudiment and in the mesenterial
region close to it (a portion of the distal mesentery) [16], similarly to the pattern observed
here in explants cultured for 24 h.

Figure 2. Spindle-like structures (SLSs) and muscle fiber distribution in cultured gut explants. The
presence and distribution of SLSs and muscle fibers in control (not cultured) (A) and cultured for 24 h
(B), 5 d (C), and 10 d (D) explants are shown. Tissue sections of the proximal mesentery in control (E),
and cultured for 24 h (F), 5 d (G), and 10 d (H) are displayed, showing muscle bundle disorganization
in explants cultured for 5 and 10 d. The quantification of the SLS/DAPI ratio in distal (I), medial (J),
and proximal (K) mesentery is shown. SLS/DAPI ratio of all regions of the mesentery is displayed in
(L). When the SLSs/DAPI ratios in all regions of explants are considered, no significant differences
between control and cultured explants are observed (L). Columns represent the mean ± SD for each
group of explants, and circles, squares, triangles are the individual values of each explant. One-way
ANOVA, * p < 0.05, ns = not significant differences (p-value > 0.05). n = 5 in all groups. All regions
(gut rudiment and distal, medial, and proximal mesentery) are labeled in each explant in (A–D).
White arrows point to SLSs and yellow arrows to muscle fibers in (E–H). SLSs and muscle fibers are
shown in green and cell nuclei (DAPI) in red. Scale bar = 500 μm in (A–D) and 25 μm in (E–H).
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Figure 3. Cell proliferation assessed by BrdU incorporation in cultured explants. BrdU positive cell
nuclei were observed in explants cultured for 24 h (A,D), 5 d (B,E), and 10 d (C,F). The percentage
of BrdU positive cells in gut rudiment (G), and distal (H), medial (I), and proximal (J) regions of
the mesentery in explants are shown. The percentage of BrdU positive cells averaging the counts
performed in all regions of each explant are shown in (K). When the percentage of BrdU positive
cells in all regions of explants are considered, a significant reduction in the number of BrdU positive
cells was observed in explants cultured for 10 d compared to explants cultured for 24 h and 5 d (G).
Columns represent the mean ± SD for each group of explants, and circles, squares, and triangles are
the individual values of each explant. One-way ANOVA, **** p < 0.0001, *** p < 0.001, ** p < 0.01,
* p < 0.05, ns = not significant differences (p-value > 0.05). n = 8–10. In Panels (A–C) all cell nuclei are
shown in red (DAPI), with BrdU positive nuclei (white arrows in inset in A–C) in green. In panels
(D–F) the BrdU positive nuclei are shown in white. Bar = 400 μm.

These findings suggest that the polarity in the localization of proliferating cells changes
in explants as the time in culture increases. When the percentage in BrdU cells found in
the different regions of the explants were averaged for each sample, a significant reduction
in the percentage of BrdU-labeled cells in explants cultured for 10 days compared with
explants cultured for 24 h and 5 days (a reduction of 67% and 45%, respectively) was
observed (Figure 3K). In explants cultured for 5 days there was a trend toward proliferation
rate reduction, but no significant difference was found when compared to 24 h (Figure 3K).
Overall, our results suggest changes in both the proliferation rate and the polarity in
proliferating cells’ localization in explants cultured for 5 or more days.

3.4. Mesothelium Labeling in Cultured Explants

The monoclonal antibody (Meso-1), developed in our lab, labels the intestinal and
mesenteric mesothelial cells [16]. Here, we observed that control and cultured explants
showed a similar pattern of intestinal and mesenteric mesothelium labeling with Meso-1 as
that observed in 5 dpe animals. Meso-1 immunoreactive cells ingress from the mesothelium
to the connective tissue in control and in explants cultured for 24 h (Figure 4B,F yellow
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arrows), and it appears to decrease after 5 and 10 days of culture (Figure 4J,N yellow
arrows). Overall, culture of explants did not cause major changes in the intestinal or
mesenteric mesothelium at the histological level.

Figure 4. Meso-1 staining pattern in cultured explants from 5 dpe. Control (A) and explants cultured
for 24 h (E), 5 d (I), and 10 d (M) at low magnification are shown in the upper row. The boxed
areas labeled as 1, 2, and 3 in these photographs correspond to gut rudiment, medial, and proximal
mesenteries, respectively, shown at a higher magnification from the second to the fourth rows.
Meso-1 immunoreactive mesothelium in gut rudiment of control (B), and explants cultured for
24 h (F), 5 d (J), and 10 d (N) are shown in the second row, while immunoreactive mesothelium in
the medial mesentery of control (C), and explants cultured for 24 h (G), 5 d (K), and 10 d (O) are
shown in the third row. Meso-1 immunoreactive mesothelium in the proximal mesentery of control
(D) and explants cultured for 24 h (H), 5 d (L), and 10 d (P) are shown in the fourth row. Meso-1
immunoreactive mesothelium is shown in red and cell nuclei labeled with DAPI are shown in blue.
Bar = (A,E,I,M) 500 μm, (B–D,F–H,J–L,N–P) 100 μm.

3.5. Nerve Fibers and Neuron-like Cells Labeled by Neuronal Markers in Cultured Explants

RN1. The monoclonal antibody RN1 was developed in our laboratory as a neuronal
marker for holothurian tissues [18]. As has been shown in previous results of 5 dpe animals,
in our controls and in explants cultured for 24 h, the RN1 antibody labeled disorganized
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nerve fibers, mainly in the connective tissue, but no neuron-like cells in the gut rudiment
(Figure 5A,B,E,F). In the mesentery, both nerve fibers and neuron-like cells were observed
as associated with the mesenterial mesothelium (mesothelial plexus) and in the connective
tissue (connective tissue plexus) (Figure 5C,D,G,H). The RN1 immunoreactive cells in
the mesenteric connective tissue were mainly ovoid-shaped with a short cell projection
(Figure 5D, inset). In explants cultured for 5 or 10 d, only remnants of nerve fibers were
observed at the gut rudiment (Figure 5I,J,M,N), while in the mesentery, nerve fibers and
neuron-like cells were observed associated with the mesothelium, and only fibers were
seen in the connective tissue (Figure 5K,L,O,P). Interestingly, a smaller number of nerve
fibers appeared to be present in cultured explants over time. In summary, nerve fibers
and neuron-like cells immunoreactive for RN1 were observed in both control and cultured
explants, but a reduction in their number was found with culture time.

Anti-β-Tubulin. This antibody is a neuronal marker that has been used to label both
neural cells and fibers in H. glaberrima in vivo; however, it may also recognize other cell
types, such as peritoneocytes and non-neural connective tissue cells. The labeling pattern
varies depending on the antibody used, its dilution, and the regenerative stage studied [17].
Here, we observed a similar staining pattern, with the anti-β-tubulin antibody in control
and explants cultured for 24 h, 5 d, and 10 d. Mesothelial cells or peritoneocytes, from both
the gut rudiment and the mesentery were immunoreactive for anti-β-tubulin. Although
the boundaries of peritoneocytes were not clear, in some areas it was evident that they were
polygonal or columnar (Figure 6B,G,L,Q). Additionally, some of the cells of the connective
tissue were also labeled with this antibody. Most of these cells were spherical, but some
were elongated or irregular in shape (Figure 6C,H,M,R). Nerve fibers immunoreactive for
β-tubulin were observed mainly in the proximal mesentery, although scarce fibers were
also seen in the medial mesentery (Figure 6D,E,I,J,N,O,S,T). No immunoreactive fibers to
β-tubulin were observed at the gut rudiment or distal mesentery (Figure 6B,G,L,Q). Overall,
a similar staining pattern of neural and non-neural components in control and cultured
explants by anti- β-tubulin was observed here.

GFS. The polyclonal antibody developed against the neuropeptide GFSKLYFamide
(hereafter referred as anti-GFS) has been used in our model H. glaberrima as a neuronal
marker in normal and regenerating tissues [17,20,26]; however, it may also recognize
nonspecifically spherulocytes or morula cells [26]. Here, we observed differences in the
tissue components labeled with anti-GFS between control and cultured explants. In control
explants, we observed GFS immunoreactive nerve fibers mainly in the connective tissue
of the gut rudiment or associated with the mesenterial mesothelium (mesothelial plexus)
(Figure 7A–D). No cells immunoreactive for GFS were observed in control explants in
gut rudiment or mesentery. A similar pattern of GFS labeling was observed in explants
cultured for 24 h; however, few GFS-immunoreactive ovoid, or irregular, shaped cells
were observed in the connective tissue of the proximal mesentery. These cells somewhat
resembled morula cells or spherulocytes and were never observed to be labeled with anti-
GFS in tissues of control animals. Additionally, a smaller number of nerve fibers were
seen in gut rudiment and mesentery (Figure 7E–H). Some of the mesenterial mesothelial
cells (medial and proximal regions) were immunoreactive for GFS after 5 days in culture.
Additionally, more GFS-immunoreactive cells were observed in the connective tissue of
the mesentery, specifically in the medial and proximal regions (Figure 7K,L and insets).
(Figure 7A–D). Explants cultured for 10 days showed GFS immunoreactive cells in both the
coelomic epithelium and the connective tissue of gut rudiment and mesentery, but no GFS
immunoreactive nerve fibers were observed (Figure 7M–P). The GFS-immunoreactive cells
observed at day 10 of culture displayed the same morphology as those observed at day 1
and 5 of culture. Overall, in vitro conditions led to changes in the GFS labeling pattern of
cells and fibers in gut explants over time.
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Figure 5. RN1 staining pattern in cultured explants from 5 dpe. RN1 immunoreactivity in control
(A) and cultured explants for 24 h (E), 5 d (I), and 10 d (M) at low magnification are shown in the
upper row. The boxed areas labeled as 1,2, and 3 in these photographs correspond to areas of the gut
rudiment (1), medial (2), and proximal mesenteries (3) that are shown at higher magnification from
the second to the fourth rows. Asterisks indicate the localization of the gut rudiment in (A,E,I,M).
RN1 immunoreactive nerve fibers in the gut rudiment of control (B) and explants cultured for 24 h
(F), 5 d (J), and 10 d (N) are shown at high magnification in the second row. RN1 immunoreactive
nerve fibers and neuron-like cell (insets) in the medial mesentery of control (C) and explants cultured
for 24 h (G), 5 d (K), and 10 d (O) are shown in the third row. RN1 immunoreactive nerve fibers and
neuron-like cell (insets) in the proximal mesentery of control (D) and explants cultured for 24 h (H),
5 d (L), and 10 d (P) are shown in the bottom row. RN1 immunoreactivity is shown in red and cell
nuclei in blue. Bar = (A,E,I,M) 500 μm, (B–D,F–H,J–L,N–P) 50 μm.
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Figure 6. β-tubulin staining pattern in cultured explants from 5 dpe. Control (A) and explants
cultured for 24 h (F), 5 d (K), and 10 d (P) at low magnification are shown in the upper row. The
boxed areas labeled as 1,2, and 3 in these photographs correspond to areas of the gut rudiment (1),
medial (2), and proximal mesenteries (3) that are shown at higher magnification from the second
to the fourth rows. β-tubulin immunoreactive cells in gut rudiment mesothelium of control ((B),
yellow arrows), and explants cultured for 24 h (G), 5 d (L), and 10 d (Q) are shown in the second
row, while immunoreactive cells in the gut rudiment connective tissue of control (C), and explants
cultured for 24 h (H), 5 d (M), and 10 d (R) are shown in the third row. β-tubulin immunoreactive
cells and fibers in medial mesentery control (D) and explants cultured for 24 h (I), 5 d (N), and 10 d
(S) are shown in the fourth row, while immunoreactive cells and fibers (white arrows) in the proximal
mesentery of control (E) and explants cultured for 24 h (J), 5 d (O), and 10 d (T) are shown in the fifth
row. β-tubulin immunoreactive cells are shown in red, and cell nuclei labeled with DAPI are shown
in blue. Bar = (A,F,K,P) 500 μm, (B–D,G–J,L–O,Q–T) 50 μm.
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Figure 7. GFS staining pattern in cultured explants from 5 dpe. GFS immunoreactivity in control
(A) and cultured explants for 24 h (E), 5 d (I), and 10 d (M) at low magnification are shown in the
upper row. The boxed areas labeled as 1, 2, and 3 are shown in the second, third, and fourth rows,
respectively, at high magnification. GFS- immunoreactive nerve fibers or cells found in the gut
rudiment of control (B) and explants cultured for 24 h (F), 5 d (J), and 10 d (N) are shown at high
magnification in the second row. GFS immunoreactive nerve fibers and cells in the medial mesentery
of control (C) and explants cultured for 24 h (G), 5 d (K), and 10 d (O) are shown in the third row. GFS
immunoreactive nerve fibers and cells in the proximal mesentery of control (D) and explants cultured
for 24 h (H), 5 d (L), and 10 d (P) are shown in the bottom row. GFS immunoreactivity is shown in
red and cell nuclei (DAPI) in blue. Insets show in more detail the GFS-immunoreactive fibers (panels
C,D,G,H) or cells (panels K,L,O,P). Bar = (A,E,I,M) 500 μm, (B–D,F–H,J–L,N–P) 100 μm.

3.6. Components of the Connective Tissue in Cultured Explants

Fibrillar collagen. The monoclonal antibody Hg-fCOL, which binds specifically to
fibrillar collagen, has been used to show how the ECM undergoes dramatic changes during
regeneration [22]. The fibrous collagen disappears from the gut rudiment and later from all
the mesentery as intestine regeneration advances (at 7 dpe, collagen is not observed in the
gut rudiment nor in the mesentery). Later on, after lumen appearance in the newly formed
intestine, collagen reappears. Here, we found that, as expected for a regenerating intestine
at 5 dpe, the fibrillar collagen had disappeared in certain areas of the gut rudiment but was
present all along the mesentery in control explants (Figure 8A–D). A similar distribution of
collagen was observed in explants cultured for 24 h (Figure 8E–H), 5 d (Figure 8I–L), or 10 d
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(Figure 8M–P), suggesting that the in vitro conditions did not change the localization of the
collagen. Thus, our findings suggest that the histological characteristics of the extracellular
matrix in cultured gut explants remained similar to the 5 dpe in vivo counterpart.

Figure 8. Anti-collagen immunoreactivity in cultured explants dissected at 5 dpe. Anti-collagen
immunoreactivity is shown in control explants (A) and explants cultured for 24 h (E), 5 d (I), and
10 d (M) at low magnification. The boxed areas labeled as 1, 2, and 3 are shown in the second, third,
and fourth rows, respectively, at high magnification. Immunoreactive fibrous collagen is shown at a
higher magnification in the gut rudiment of control explants (B), and explants cultured for 24 h (F),
5 d (J), and 10 d (N). Micrographs showing collagen immunoreactivity in the medial and proximal
regions of the mesentery of control explants are shown in (C,D), respectively; explants cultured for
24 h are shown in (G,H), respectively; explants cultured for 5 d are shown in (K,L) respectively; and
in explants cultured for 10 d are shown in (O,P), respectively. Collagen immunoreactivity is shown in
red and cell nuclei (DAPI) in blue. Bar = (A,E,I,M) 500 μm, (B–D,F–H,J–L,N–P) 100 μm.
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Spherulocytes or morula cells. The monoclonal antibody Sph3 was also developed
in our laboratory as a marker for spherulocytes or morula cells; a subpopulation of cells
found in the connective tissue of holothurians tissues [21]. Here, we found scattered cells
labeled with the Sph3 antibody in control explants (Figure 9A–D), as well as in explants
cultured for 24 h (Figure 9E–H), 5 d (Figure 9I–L), and 10 d (Figure 9M–P), following no
particular pattern of distribution. The Sph3- immunoreactive cells observed in both control
and cultured explants displayed the characteristic morphology of spherulocytes: round or
oval with numerous spherule-like structures in their interior (insets in Figure 9C,G,K,O).

 
Figure 9. Sph3 staining pattern in cultured explants from 5 dpe. Sph3 immunoreactivity in control
(A) and cultured explants for 24 h (E), 5 d (I), and 10 d (M) at low magnification are shown in
the upper row. The boxed areas labeled as 1, 2, and 3 are shown in the second, third, and fourth
rows, respectively, at high magnification. Immunoreactive cells for Sph3 in the gut rudiment of
control (B) and explants cultured for 24 h (F), 5 d (J), and 10 d (N) are shown at high magnification
in the second row. Sph3 immunoreactive cells in the medial mesentery of control (C) and explants
cultured for 24 h (G), 5 d (K), and 10 d (O) are shown in the third row. Sph3 immunoreactive
cells in the proximal mesentery of control (D) and explants cultured for 24 h (H), 5 d (L), and
10 d (P) are shown in the lower row. Sph3 immunoreactivity is shown in green and cell nuclei in
blue. The insets in (C,G,K,O) show the morphology of the spherulocytes. Bar = (A,E,I,M) 500 μm,
(B–D,F–H,J–L,N–P) 100 μm.
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3.7. Double Labeling (GFS and Sph3) in Cultured Explants

As both GFS and Sph3 antibodies label cells resembling spherulocytes, we decided
to perform a double labeling of cultured tissues, to determine if the spherulocyte-like
cells were co-labeled with both antibodies, which could suggest that they correspond to
the same cell population. We found that no co-labeling of Sph3 and GFS was observed
in control or cultured explants. In control explants only nerve fibers were immunoreac-
tive for GFS (Figure 10A, white arrow), while ovoid cells were immunoreactive for Sph3
(Figure 10A, asterisk). In explants cultured for 24 h, nerve fibers and irregular shaped
cells immunoreactive for GFS were observed (Figure 10B, white and yellow arrows, re-
spectively). Additionally, ovoid Sph3-immunoreactive cells were observed (Figure 10B,
asterisk). These cells were not co-labeled with GFS and Sph3 antibodies. GFS positive
cells, both at the mesothelial and connective tissue, were found in explants cultured for
5 days. Few Sph3 cells were observed in the connective tissue (Figure 10C). After 10 days
in culture, a strong GFS immunoreactivity in the mesenterial mesothelium was observed.
Additionally, cells immunoreactive for GFS or Sph3 were observed in the connective tissue
(Figure 10D). Remarkably, each antibody appears to label a different subset of cells. Overall,
the appearance and increase in the number of GFS-immunoreactive cells with culture time
correlated with the disappearance of GFS-positive nerve fibers. The GFS-labeled cells were
not co-labeled with the Sph3 antibody.

3.8. Explant Outgrowths

Gut explants in organ culture did not adhere firmly to the culture substrates (glass
or polystyrene) and remained on them, but not truly attached. Nevertheless, many cells
could detach or migrate out from these explants into the culture medium. After 24 h in
culture, most of the detached cells, putative coelomocytes according to their spherical or
ovoid cell morphology, remained in suspension near the explants (Figure 11A, black arrow).
Other cells, spindle-shaped or irregular in morphology, were able to adhere firmly to the
substrates and appeared flattened and exhibited cell projections (filopodia) (Figure 11B,C,
blue and yellow arrows). After 5 days in culture, spherical cells in suspension were still
observed around or near to the explants (Figure 11D, black arrow); however, more cells
were flattened and appeared attached to the substrate contacting each other through cell
projections (Figure 11E,F, blue and yellow arrows). Remarkably, they did not form a
confluent monolayer (Figure 11E). After 10 days in culture spherical cells in suspension
were still observed around or near the explants (Figure 11G, black arrow). However, the
number of cells attached to the substrate (displaying filopodia and lamellipodia) increased
(Figure 11I, yellow arrows). They were able to form net-like structures (Figure 11H).
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Figure 10. Double labeling (GFS-Sph3) of cultured explants dissected at 5 dpe. The co-labeling of
GFS and Sph3 was evaluated in the proximal mesentery of control (A) and explants cultured for 24 h
(B), 5 d (C), and 10 d (D). Nerve fibers, but not cells, immunoreactive for GFS are observed (white
arrows) in controls explants. Sph3 positive cells, which are not co-labeled with GFS, are also observed
(asterisks) (A). Yellow arrows show GFS positive cells in the connective tissue of explants cultured for
24 h. Asterisks point to Sph3 positive cells (B). Many GFS positive cells are observed in the connective
tissue of explants cultured for 5 days (yellow arrows), while few Sph3 cells are also present (asterisk)
(C). Remarkably, the mesenteric mesothelium appears to be immunoreactive for GFS in explants
cultured for 10 days. However, GFS (yellow arrows) and Sph3 (asterisks) immunoreactive cells
are also observed in explants cultured for 10d (D). GFS immunoreactivity is shown in red, Sph3
immunoreactivity is shown in green, and cell nuclei (DAPI) in blue. Bar = (A–D) 100 μm.
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Figure 11. Morphology of cells that migrated out from cultured explants. Representative micrographs
of cells that were able to migrate out from explants cultured for 24 h (A–C), 5 d (D–F), and 10 d (G–I)
are presented. Micrographs in the first column (A,D,G) show the spherical cells located near the
explants (black arrows), whereas the second column (B,E,H) shows the spindle-shaped or flattened
cells (blue arrows) that were able to attach to the culture substrate at the different time points. The
third column (C,F,I) are SEM micrographs showing the morphology of cells attached to glass cover
slips through filopodia and lamellipodia (yellow arrows). Bar = (A,B,D,E,G,H) 50 μm, (C,F,I) 10 μm.

4. Discussion

Explants in organ culture represent a valuable tool to study the cellular processes
underlying developmental or regenerative phenomena in animal models. Explants retain
their original histological characteristics; for that reason, they resemble more closely the
in vivo conditions than do the two-dimension (2-D) culture systems (cell monolayers) [27].
Thus, the response to external stimuli of explant cells is more similar to the response of cells
in vivo, compared to those of cell monolayers. These differences may be due to the absence
of the native extracellular matrix in 2-D culture systems. Components of the extracellular
matrix have been recognized as crucial modulators of different physiological processes [28].
Explants in organ culture from both invertebrate and vertebrate organisms have been used
to perform several physiological, biochemical, and biomechanical studies [29–32]. For
example, in cultured gut explants from mice embryos, natural peristalsis, and stem cell
differentiation toward Paneth cells, goblet cells, enterocytes, and others were observed.
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Additionally, the effect of modulators of signaling pathways on gut differentiation was
studied using gut explants, supporting their value as a research tool [32].

To determine the suitability of cultured explants for studying the effect of external
stimuli at the histological level, it is necessary to evaluate the changes that the in vitro
conditions cause per se on explants. Here, we characterized by histological and immuno-
histochemical methods the gut explants dissected from H. glaberrima at 5 dpe and that
were maintained in culture up to 10 days. Remarkably, gut explants cultured for 24 h up
to 10 days retained their histological characteristics, and each explant’s gut rudiment and
mesentery could be observed. Key aspects, such as the polarity in the distribution of SLSs
and muscle fibers, mesothelium thickness and integrity, and the presence and distribution
of fibrous collagen components, are preserved in culture explants as observed in in vivo
tissues.

However, a few histological changes in the cultured explants compared to fresh ex-
plants (controls) and in vivo tissues were observed as the length of time in culture increased.
Among these were a decrease in nervous system labeling, which might indicate a possible
loss over time of nervous system components, the appearance of a putative spherulocyte
population, and a decrease in proliferation and loss in the polarity of the proliferating
cells. These results agree with those found by other research groups [33,34], where the
histological characteristics of retinal explants were preserved up to 14 days, although some
changes occurred in a time-dependent manner.

4.1. RN1 Labeling Suggests That a Subpopulation of Nerve Fibers Is Reduced in Cultured Explants
as the Time in Culture Increases

Here, we used three different markers previously shown to label nerve fibers and
neuron-like cells in the intestinal system of H. glaberrima, β-tubulin [17], GFS [20,26], and
RN1 [18]. Based on qualitative observations, the overall impression is that the nervous
system component is present in the explant in culture but that some components appear
to decrease with culture time: β-tubulin labeled components are maintained, while GFS
neuronal fibers appear to decrease. Similarly, RN1 labeling suggests that the number
of nerve fibers decreases in culture explants. These discrepancies might be explained
because each of these three markers recognizes a different subset of nerve fibers and
cells in holothurian tissues. Additionally, GFS and anti-β-tubulin are not exclusive to
the nervous component; the serum against GFS, as shown previously and in the present
manuscript, also labels a spherulocyte-like cell subpopulation [26], while anti-β-tubulin
also labels the coelomic epithelial cells [17]. Thus, any quantitative analysis (based on
fluorescence intensity) performed with β-tubulin and GFS will be confounded by the
labeling of non-neuronal components. Finally, with the use of any of these antibody
markers, it is challenging to determine if the decrease in immunofluorescence is due to a
decrease in the cell/fiber or a decrease in the expression of the protein. Further efforts must
be directed to quantifying by histomorphometry, changes in the presence and number of
fibers and neuron-like cells in cultured explants at different culture times, to corroborate
the qualitative observations presented here.

4.2. Anti-GFS Labels a Population of Cells That Resemble Spherulocytes in the Connective Tissue
and Mesothelial Cells of Cultured Gut Explants

Anti-GFS labels neuron-like cells and nerve fibers in both normal (non-regenerating)
and regenerating gut tissues. Interestingly, GFS immunoreactive spherulocyte-like cells
were observed after the explants were cultured for 5 days. The GFS immunoreactive
cells were observed in both the connective tissue and the mesothelium. The GFS positive
cells observed in cultured explants did not appear to be neuron-like cells based solely on
their morphology, as they did not exhibit cell projections. In fact, morphologically, they
resembled spherulocytes. However, they were not co-labeled with the Sph3 antibody,
which is a marker for spherule-containing cells in H. glaberrima. The GFS immunoreactive
cells observed in cultured explants may correspond to a subpopulation of spherylocytes
that are not labeled by Sph3. These spherulocytes might originate from the dedifferentiated
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mesothelial cells that ingress into the connective tissue. Previous studies have suggested
that spherulocytes are derived from coelomic cells [35] and that dedifferentiated mesothelial
cells are stem-like cells with a high degree of plasticity [16]. The in vitro conditions may
induce the differentiation of stem-like cells toward the subpopulation of spherule containing
cells, which might participate in the remodeling of the extracellular matrix during the
intestine regrowth or might represent a response to the in vitro conditions.

Interestingly, the presumptive spherulocytes labeled with the anti-GFS antibody in-
creased with culture time, while those labeled with Sph3 remained relatively constant.
These findings suggest that the presumptive spherulocytes labeled with GFS did not orig-
inate from the Sph3 subpopulation of cells by a process that involves a change of the
vesicular content with a concomitant change of the immunoreactivity. This supports the hy-
pothesis that they are newly formed in cultured explants from dedifferentiated mesothelial
cells.

The anti-GFS antibody is a polyclonal antibody produced in rabbits against the syn-
thetic peptide Gly-Phe-Ser-Lys-Leu-Tyr-Phe-NH2 (GFSKLYFamide), which corresponds
to the sequence of a neuropeptide isolated from the digestive system of H. glaberrima [26].
In previous studies neuron-like cells and nerve fibers, as well as spherule-containing cells
immunoreactive to anti-GFS, were described in H. glaberrima intestines [20,26]. However,
when the serum containing the anti-GFS antibody was pre-absorbed against the synthetic
GFSKLYFamide peptide, the immunoreactivity against the neuron-like cells and nerve
fibers disappeared, while the immunoreactivity against the spherule-containing cells re-
mained, suggesting that other antibodies different to anti-GFS were present in the rabbit
serum [26]. Thus, the labeling of a subpopulation of spherulocyes could be due to non-
specific labeling and not necessarily because the cells are expressing GFS. Nonetheless, the
fact that a subpopulation of spherulocyte-like cells appears due to the culture conditions,
continues to be an interesting phenomenon that must be addressed in future studies.

4.3. The Polarity in the Localization of BrdU-Positive Cell Nuclei Is Lost and the Proliferation Rate
Decreases over Time in Cultured Explants

BrdU-positive cells were observed in cultured explants, suggesting that explants in
in vitro conditions retain their ability to divide as they do in in vivo conditions. Interestingly,
after 24 h of culture, the BrdU-positive nuclei were mainly localized to the gut rudiment
and the distal mesentery, the same sites where the BrdU-positive cells are observed in
in vivo tissues at 5 dpe [16]. However, in explants cultured for 5 or 10 days this pattern
changed dramatically; the BrdU-positive cells were observed scattered in all the regions
of the gut rudiment and the mesentery. This finding might be due to changes in the
expression of molecules that confer polarity to the explants, such as components of the
Frizzled/Planar Cell Polarity and Anterior–Posterior (AP) patterning systems [36] or to the
loss of paracrine signaling in the explants in culture over time. Our results do not agree
with those of Candia-Carnevali et al. [3], who studied the distribution of BrdU-positive
cells in double amputated arm explants from the crinoid A. meditteranea after different
times in culture. They showed that the BrdU cells were localized mainly in the distal end
(where the blastema was formed), the coelomic epithelium and the brachial nerve of the
double amputated arm explants. Remarkably, this pattern persisted in explants cultured
from 24 h for up to one week.

The proliferation rate in the gut rudiment of explants from 5 dpe cultured for 24 h was
similar to that observed in vivo (in the range of 15 to 16%). Remarkably, the proliferation
rate was lower after 10 d in culture displaying a trend toward a reduction over time.
These results agree with those of other groups [37–39], who observed that the proliferation
rate decreased over time in mouse kidney, human colon, and heart zebrafish explants,
respectively. The causes of the decline in cell proliferation could be missing ingredients in
the culture medium, loss of paracrine signaling, or suboptimal environmental conditions.
Despite this limitation, the gut explant culture described here is suitable for performing
short-term studies on cell proliferation.
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Interestingly, while the polarity in the localization of proliferating cells in explants is
lost as the time in culture advances, the polarity in the distribution of SLSs and muscle
fibers is maintained in explants. These findings support our lab’s hypothesis that cell
dedifferentiation and proliferation are uncoupled, and controlled by different signaling
pathways at the early stages of intestine regeneration in H. glaberrima [8]. Previous studies
by our group found that cell proliferation appears to be controlled by the canonical Wnt
pathway [8,11], while muscle dedifferentiation appears to be modulated by GSK-3 signaling
in a Wnt-independent manner [8]. Thus, culture conditions might affect the paracrine
signaling of the canonical Wnt pathway but not the pathway(s) modulating the muscle
dedifferentiation. Further studies must address this topic.

4.4. The Cellular Processes Underlying Intestine Regeneration Are Halted in Cultured Gut
Explants Compared to the In Vivo Counterparts

Our findings suggest that gut rudiment size and most of the histological characteristics
of cultured gut explants remain similar to those observed in intestines from the same
regenerating stage from which they were dissected initially (e.g., 5 dpe), without significant
changes over time in vitro. Remarkably, the cellular events that generally occur in guts
as regeneration proceeds in vivo appear to be halted, or at least to occur slower, in the
cultured explants. The main feature being that no growth of the rudiment is observed,
whereas in vivo, the rudiment keeps increasing in size during the second regeneration
week [16]. Another example is the lack of muscle fiber reappearance and the lumen for-
mation in the gut rudiment of explants cultured for 10 days. The in vivo counterpart of
these explants will be gut tissues of 15 dpe (5 dpe plus 10 days of culture), which already
have defined muscle layers as constituents of the mesothelium and display a luminal
space. In this respect, our findings do not agree with Candia-Carnevali [3] and Dupont
and Thorndyke [4], who observed that the regeneration-associated events described in vivo
proceed in crinoid and ophiuroid arm explants, although at a slower rate. These differences
might be because crinoid or ophiuroid arms naturally exist as external structures (in a
similar environment to culture conditions). In contrast, the intestine and other viscera regen-
erate within the coelomic cavity, a more controlled space, where the presence of paracrine
signaling molecules could be more crucial for the regeneration to proceed. Thus, missing
growth factors could have a more significant effect on the visceral than in appendicular
regeneration in echinoderms. An additional component that could contribute to the halting
of gut regeneration in the cultured explants is the lack of cells that migrate from other
organs to the gut rudiment through the mesentery in vivo, where they contribute to the
formation of structures such as the lumen. Optimization of the current culture conditions
might emulate more accurately the intestine regeneration process in explants, adding value
to our in vitro model.

Overall, the gut explant culture method described here is suitable for short-term
studies on critical aspects of the intestine regeneration process. The presence of mesothelial,
neural, and extracellular matrix components in cultured explants similar to those observed
in non-cultured explants and in vivo tissues [16–22] is a remarkable finding. Explants
retain their morphology and histoarchitecture for up to 10 days, with minor changes.
Additionally, explants maintain the original polarity in the distribution and localization of
muscle bundles, SLSs, and proliferating cells for up to 5 days. Apart from the applicability
in histological studies, explants can also be used to perform molecular studies (such as
gene expression studies by qRT-PCR) in response to external stimuli [40]. The utility of gut
explants has already been demonstrated in studies performed by our group to test the effect
of pharmacological agents on muscle dedifferentiation [8], to set up the RNA interference
technique to decipher the role of the canonical Wnt signaling pathway in the intestine
regeneration in H. glaberrima [11,13], and to determine the toxic effects of antibiotics on
holothurian tissues [41], demonstrating their value as a tool to complement the in vivo
studies in echinoderms.

33



J. Mar. Sci. Eng. 2022, 10, 244

Author Contributions: Conceptualization, S.A.B. and J.E.G.-A.; methodology, S.A.B. and J.E.G.-A.;
investigation, S.A.B.; validation, S.A.B. and J.E.G.-A.; formal analysis S.A.B.; resources, S.A.B. and
J.E.G.-A.; data curation, S.A.B. and J.E.G.-A.; writing—original draft preparation, S.A.B.; writing—
review and editing, S.A.B. and J.E.G.-A.; visualization, S.A.B.; supervision, J.E.G.-A.; project adminis-
tration, J.E.G.-A.; funding acquisition, J.E.G.-A. All authors have read and agreed to the published
version of the manuscript.

Funding: This project was funded by NIH (Grant R15GM124595 and R21AG057974), NSF (Grant
IOS-1252679) and the University of Puerto Rico. S.A.B. was partially funded by the University of
Puerto Rico through the Merit and Doctoral Dissertation Fellowships.

Institutional Review Board Statement: This research deals only with invertebrate animals, thus the
University of Puerto Rico IACUC waives ethical approval of research performed on invertebrates.

Informed Consent Statement: Not applicable.

Data Availability Statement: The data presented in this study it is contained within this article.

Acknowledgments: Special thanks to Rey Rosa Morales and Griselle Valentín-Tirado for their tech-
nical support. We gratefully acknowledge the Materials Characterization Center (MCC) of the
University of Puerto Rico for the use of the Scanning Electron Microscopy Facility.

Conflicts of Interest: The authors declare no conflict of interest.

Appendix A

 
Figure A1. SLSs and muscle gradient in the regenerating mesentery. (A) Tissue section of a regener-
ating intestine at 5 dpe. The SLSs and muscle fibers have disappeared from the gut rudiment and
the distal mesentery, while they are still present in the medial and the proximal mesenteries at this
regenerative stage. SLSs and muscle fibers are shown in medial (B) and proximal (C) mesentery
tissue sections. SLSs and muscle fibers were labeled with Phalloidin-TRITC and are displayed in
green, and cell nuclei were labeled with DAPI and are displayed in red.
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Figure A2. Phalloidin and anti-BrdU staining pattern in cultured explants from 5 dpe. Tissue sections
of explants cultured for 24 h (A–D), 5 d (E–H), and 10 d (I–L) were labeled with phalloidin (A,B), (E,F),
and (I,J), respectively, or with anti-BrdU (C,D), (G,H), and (K,L), respectively. In each explant the gut
rudiment, the distal, medial, and proximal mesentery are signaled. Muscle and SLSs stained with
Phalloidin-TRITC and cell nuclei immunoreactive for anti-BrdU are shown in green, while total cell
nuclei are shown in red. The panels (B,D,F,H,J,L) are shown in white and black. Scale bar = 400 μm.
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Abstract: Echinoderms are an acknowledged source of bioactive compounds exerting various benefi-
cial effects on human health. Here, we examined the potential in vitro anti-hepatocarcinoma effects
of aqueous extracts of the cell-free coelomic fluid obtained from the sea urchin Arbacia lixula using
the HepG2 cell line as a model system. This was accomplished by employing a combination of
colorimetric, microscopic and flow cytometric assays to determine cell viability, cell cycle distribution,
the possible onset of apoptosis, the accumulation rate of acidic vesicular organelles, mitochondrial
polarization, cell redox state and cell locomotory ability. The obtained data show that exposed HepG2
cells underwent inhibition of cell viability with impairment of cell cycle progress coupled to the
onset of apoptotic death, the induction of mitochondrial depolarization, the inhibition of reactive
oxygen species production and acidic vesicular organelle accumulation, and the block of cell motile
attitude. We also performed a proteomic analysis of the coelomic fluid extract identifying a number
of proteins that are plausibly responsible for anti-cancer effects. Therefore, the anti-hepatocarcinoma
potentiality of A. lixula’s preparation can be taken into consideration for further studies aimed at the
characterization of the molecular mechanism of cytotoxicity and the development of novel prevention
and/or treatment agents.

Keywords: coelomic fluid; sea urchin; echinoderm; HepG2 cells; apoptosis; cell cycle; acidic vesicular
organelles; mitochondrial transmembrane potential; reactive oxygen species; wound healing assay

1. Introduction

The marine environment, which occurs in about 70% of the globe’s surface and 90%
of the biosphere, is the largest habitat of the Earth. It harbors a significant fraction of the
world’s biodiversity with many still unknown species and represents a little exploited
treasure chest rich in bioactive natural products. In fact, animal adaptation processes to the
different and often extreme aquatic environments have led to the establishment of unique
bio-synthetic pathways [1]. Within this context, the development of interindividual signal-
ization systems and defensive strategies, e.g., against predators, infectious agents and UV
radiations, prompted sessile aquatic species to set up networks of chemical communication
through a variety of exclusive marine species-specific metabolites, which can be available
for extraction and characterization as a massive library of natural active compounds [2,3].

One of the acknowledged potential applications shared among several marine natural
products is related to cancer prevention and treatment. Studies performed on compounds
extracted from sponges, mollusks, soft corals and tunicates demonstrated their relevant
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cytotoxic and anti-tumoral properties against different human cancer cell lines in vitro, also
acting upon disparate cellular functions such as locomotory ability, gene expression repro-
gramming and autophagic flux [4–8]. Notably, based on their pharmacological properties
and added health benefits, marine bioactives are increasingly considered promising addi-
tives for the development of functional foods and active food-packaging material [9–11].

Among the marine invertebrates, the phylum Echinodermata (Klein, 1778) is widely
distributed worldwide, consisting of about 7000 extant species grouped into five well-
defined taxonomic classes. The non-edible sea urchin Arbacia lixula (Linnaeus, 1758; Echi-
noidea, Arbacioida: Arbaciidae), which colonized the Mediterranean shallow rocks during
the Pleistocene [12], is a warm-temperate water organism that has been used as a model
for chemical embryotoxicity studies and to determine the effects of high-frequency noises
on the immune response [13–15]. The data dealing with the biomedical applications of
A. lixula’s components are limited to date. In this regard, A. lixula’s eggs have been proven
as a valuable source of the free radical scavenger astaxanthin, whereas its coelomic fluid
and the cells contained therein were found to possess a strong anti-oxidant activity [16–18].
In addition, potentially anti-microbial peptides were also identified in the coelomic fluid of
this organism [19].

We previously demonstrated that the cell-free coelomic fluid extract (CFE) obtained
from this species is able to exert cytotoxic effects against triple-negative breast cancer cells
in culture [20], thus prompting the extension of such in vitro trials also to other tumor
cell model systems. The physiological benefits of potential additives for functional foods
or food-packaging purposes include the maintenance of the health of the organs of the
digestive apparatus. Thus, we chose to expand the knowledge on the potential anti-tumoral
effects of A. lixula’s CFE by focusing our interest on an in vitro model system representative
of tumor-affected liver parenchyma. For this purpose, we studied the biological effects
exerted on the HepG2 cell line derived from liver biopsies of a 15-year-old Caucasian male
suffering from a differentiated hepatocellular carcinoma [21]. It is widely acknowledged
that the proper characterization of the biological activity of new potential anti-cancer
products is valuable to establish their efficacy profiles and discover new applications.
Moreover, information on their mechanisms of action may reveal new molecular targets of
beneficial effect, ultimately serving as a link to clinical activity by designing appropriate
interventions and therapies for specific tumor cytotypes [22]. Therefore, the aim of our
investigation was to examine the CFE-mediated effects on cell viability and to obtain
more insight into the intracellular mechanisms of cytotoxic induction by employing a
combination of colorimetric, microscopic and flow cytometric assays to determine cell
cycle distribution, the possible onset of apoptosis, the accumulation rate of acidic vesicular
organelles (AVOs), mitochondrial polarization and cell redox state and cell locomotory
ability. The obtained data show that the CFE treatment of HepG2 cells caused the inhibition
of cell viability with impairment of cell cycle progress coupled to the onset of apoptotic
death, the induction of mitochondrial depolarization, the inhibition of reactive oxygen
species (ROS) production and AVO accumulation, and the impairment of cell motile
attitude. As a complement to the phenotypic characterization, the data obtained from the
proteomic analysis of the CFE identified a number of proteins plausibly responsible for the
observed impairment of biological activity in HepG2 cells.

2. Materials and Methods

2.1. Catching and Maintaining the Animals

A total of 60 individuals of sea urchins of the species A. lixula (Figure 1) were collected
from the rocky coves of the Gulf of Palermo (Sicily, Italy) at a depth of 5–10 m. Before
starting the experiments, the animals were acclimatized in aquaria for two weeks in recir-
culated and filtered artificial seawater (9 mM KCl; 0.425 M NaCl; 0.0255 M MgSO4·7H2O;
9.3 mM CaCl2·2H2O; 0.023 M MgCl2·6H2O; 2 mM NaHCO3, pH 8.0) at 15 ± 2 ◦C with
constant flow-through of dissolved O2 and fed with commercially available invertebrate
food (Algamac 3000, Aquafauna Bio-Marine Inc., Hawthorne, CA, USA).
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Figure 1. An A. lixula sea urchin specimen.

2.2. Bleeding Procedure and Preparation of the CFE

As already reported by Luparello et al. [23], the CF was collected by cutting the
peristomial membrane of the sea urchins and harvesting the bleeding fluid in the presence
of cold 60ISO-EDTA anticoagulant (20 mM Tris, 0.5 mM NaCl, 70 mM EDTA; pH 7.5).
The CF was immediately centrifuged at 1000× g for 10 min at 4 ◦C to obtain a cell-free
extract, which was stored at −80 ◦C and subsequently lyophilized in an Alpha 2–4 LD
plus freeze-dryer (Martin Christ, Osterode am Harz, D). The lyophilized sample was
resuspended in the minimum volume of sterile distilled water and kept at −20 ◦C until
used for the cytotoxicity assays. The protein concentration of the CFE was determined
using the Qubit Protein Assay Kit in a Qubit 3.0 fluorometer (Thermo Fisher, Waltham, MA,
USA), according to the manufacturer’s instructions.

2.3. Proteomic Analysis

The proteomic analysis was performed as reported elsewhere [23], including sample
preparation, liquid chromatography–mass spectrometry (HPLC-MS) analysis and pro-
tein identification. Briefly, the proteins in the sample were reduced using RapiGest and
dithiothreitol (Thermo Fisher), then alkylated using iodoacetamide (Thermo Fisher) and
finally digested using LysC-Trypsin and Trypsin (Mass Spec grade, Promega, Madison,
WI, USA) in two-steps. After proteolysis was stopped by adding formic acid (Thermo
Fisher), the samples were dried and desalted using C18 spin columns (Thermo Fisher).
The samples were stored at −20 ◦C until the analysis. A total nominal amount of 1.5 μg
protein was then analyzed from each sample using a Dionex Ultimate 3000 nanoRSLC
(Dionex, Sunnyvale, CA, USA) system coupled to a Bruker Maxis II ETD mass spectrom-
eter (Bruker Daltonics GmbH, Bremen, D) via a CaptiveSpray nanobooster ion source.
For peptide separation, an ACQUITY UPLC M-Class Peptide BEH C18 column (Waters,
Milford, MA, USA) was used. Proteins were identified by searching against the Uniprot
Aechinodermata database using the Byonic (v4.2.10, Protein Metrics Inc., Cupertino, CA,
USA) software search engine. Protein hits were further filtered by Scaffold (version 4.11,
Proteome Software, Inc., Portland, OR, USA). Quantitative proteomic information was
provided by Scaffold’s quantitative analysis. Subsequently, protein identification was
also performed by BlastP comparison to the non-redundant protein sequence database
(available at https://blast.ncbi.nlm.nih.gov/Blast.cgi?PAGE=Proteins; accessed on 1 May
2022). An expected value <1 was set as the cutoff.

2.4. Cell Cultures

HepG2 hepatocellular carcinoma cells, taken from laboratory stocks, were grown in D-
MEM medium (Sigma, St. Louis, MO, USA) plus 10% fetal calf serum (FCS; Thermo Fisher,
Waltham, MA, USA) and antibiotics (100 U/mL penicillin and 100 μg/mL streptomycin;
Thermo Fisher, Waltham, MA, USA), at 37 ◦C in a 5% CO2 atmosphere.
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2.5. Viability Assays

An MTT assay was performed to evaluate cell viability under control and treated
conditions [24]. Briefly, after plating at a concentration of 5500 cells/well in 96-well plates
and overnight adhesion, HepG2 cells were exposed for 24 or 48 h to the CFE at 2.5, 5,
10 or 15 μg/mL concentrations. After the addition of MTT and the incubation with the
solubilization buffer, the absorbance of the solubilized formazan was evaluated in an
automated microplate reader at a λ = 550 nm. After calculation of the viability ratio
between treated and control cells, the half maximal inhibitory concentration (IC50) at
24 h (IC5024) and 48 h (IC5048) was evaluated with the online calculator available at https:
//www.aatbio.com/tools/ic50-calculator (accessed on 6 March 2021). The subsequent
biological assays were performed, exposing cells to either the IC5024 or the IC5048 of the
CFE for 24 or 48 h, respectively.

In parallel experiments, HepG2 cells were co-treated with 1 nM rapamycin (Sigma),
a macrolide antibiotic functioning as an autophagy activator [25] and IC50 of the CFE for
24 h. The reversion of the cytotoxic effect, if any, was monitored through the trypan blue
exclusion test. DMSO-treated cells were used as controls.

2.6. Wound Healing Assay

The scratch/wound healing assay, commonly used to study the cell motile attitude
in vitro, was performed according to [23]. Briefly, HepG2 cells were seeded in 6-well plates
and allowed to form a sub-confluent monolayer. Then, after the cell layer was scraped
three times in parallel with a 200 μL pipette tip and a perpendicular line was drawn with
a permanent marker, the culture medium was replaced with either an unsupplemented
medium (control sample) or medium containing the CFE at the IC5024 (treated sample).
Selected sites of intersection between the scratched monolayer and the drawn line were
photographed under a phase-contrast microscope at fixed time intervals in the 24 h follow-
ing the beginning of the assay. The quantification of the wound area was performed using
the ImageJ/Fiji® plug-in.

2.7. Flow Cytometry Assays

For each of the following analyses, three independent assays were performed as
described in [20,23,26,27] using a FACSCanto flow cytometer (BD Biosciences, Franklin
Lakes, NJ, USA) and evaluating 10,000 events. The resulting fcs files were processed with
the Floreada analysis tool available at https://floreada.io (accessed on 1 April 2022). In
order to exclude debris, which displayed low FSC values, from the analyses, gating in the
FSC vs. SSC plot was performed for every determination. Moreover, gating in the FSC-H vs.
FSC-A plot was also performed to exclude doublets and multiplets in cell cycle analyses.

2.7.1. Cell Cycle Distribution Assay

Cell cycle distribution was determined by fixation of control and exposed cells with
cold 70% ethanol, incubation with 40 μg RNAse A/mL and final staining with 20 μg
propidium iodide/mL before the flow cytometrical analysis.

2.7.2. Apoptosis Assay

The percentage of apoptotic cells under control and exposed preparations was eval-
uated using the Annexin V-FITC kit (Canvax Biotech, Cordoba, Spain), following the
manufacturer’s instructions.

2.7.3. Analysis of Mitochondrial Transmembrane Potential (MMP)

The MMP state was examined using the dye JC1 (Molecular Probes, Eugene, OR, USA),
which exhibits potential-dependent accumulation and a fluorescence emission shift from
green (~529 nm) to red (~590 nm) in intact mitochondria whereas, in the case of dissipated
MMP, a decrease in the red/green fluorescence intensity ratio occurs. In parallel with
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the negative controls and CFE-treated samples, HepG2 cells were also exposed to 1 μM
valinomycin, an MMP loss-inducer K+ ionophore, as a positive control.

2.7.4. ROS Assay

The extent of intracellular ROS production was evaluated using the ROS Detection
Assay Kit (Canvax Biotech, Cordoba, Spain) according to the manufacturer’s instructions.

2.7.5. AVO Accumulation Assay

The extent of AVO accumulation was examined by fixing control and treated cells
with cold 70% ethanol and staining with 100 μg acridine orange/mL (Sigma) for 20 min in
the dark before the flow cytometric analysis.

2.8. Statistics

The analysis of variance (ANOVA) tests was performed with SigmaPlot 11.0 software
(SYSTAT, San Jose, CA, USA). A p-value < 0.05 was considered statistically significant.

3. Results

In the first set of assays, we examined the effect exerted by exposure to A. lixula’s
CFE on HepG2 cells’ survival via an MTT assay. As shown in Figure 2, cell exposure for
24 or 48 h to either preparation caused a dose-dependent decrease in cell viability with
an average IC5024 of 15.7 μg/mL and IC5048 of 7.45 μg/mL, respectively. These IC50
concentrations were used in the subsequent analyses, which aimed to gather more detailed
data on the subcellular aspects of CFE-induced toxicity on HepG2 cells via a panel of flow
cytometric assays.

Figure 2. Dose-response effect of the CFE from A. lixula at 2.5, 5, 10 and 15 μg/mL concentration on
the viability of HepG2 after either 24 or 48 h of exposure. The error bars correspond to the standard
error of the mean (s.e.m.) of three independent measurements. * p < 0.05.

We initially examined which kind of perturbation of the cell cycle progress could
be found after treatment with the preparation. For this purpose, HepG2 cells exposed to
the IC5024 or IC5048 of the CFE were stained with propidium iodide (PI) and submitted
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to flow cytometric analysis of the distribution of cell population in the cycle phases. As
shown in Figure 3, if compared to controls, the result of 24 h of exposure to the extracts
was a decrease in the proportion of cells in the G0/G1 phase fraction (average control vs.
CFE = 47.4% vs. 29.72%), and an increase in the cell percentages in the sub-G0 fractions
(average control vs. CFE = 8.4% vs. 26.18%). No significant change was observed for the
other cell cycle phases. Only a progressive increase in the sub-G0 fraction could be observed
at earlier times, i.e., 2 and 4 h (not shown). In addition, cell treatments with the IC5048 of the
CFE for 48 h determined a generalized decrease in all the cell percentages in the cycle phases
and a further increase in the sub-G0 fraction, thus indicating the generalized exacerbation
of the cell cycle arrest and the induction of cell death as results of the longer-term exposure.

Figure 3. Representative DNA profiles of control (red line) and CFE-treated (blue line) HepG2 cells
after 24 and 48 h of exposure. The cell population distribution in the cycle phases in triplicate
experiments is reported in the annexed panels as the mean ± s.e.m.

Based on the accumulation of HepG2 cells treated with IC5024 CFE for 24 h in the
sub-G0 phase fraction, indicative of the occurrence of DNA fragmentation ascribable to the
onset of necrosis and/or apoptosis, the tumor cells were submitted to annexin V-FITC/PI
staining with the aim to determine the possible externalization of phosphatidylserine,
a hallmark of apoptosis promotion. On the one hand, the obtained results, shown in
Figure 4, demonstrate that the percentage of the viable annexin-V−/PI− cells decreased
from about 84% of the controls to about 56% after the treatment. On the other hand, the
percentage of late apoptotic cells (annexin-V+/PI+) increased from about 14% of the controls
to about 41%. This result is in accordance with the previous data regarding the increasing
amount of the sub-G0 cell population already at 24 h of exposure to the CFE. No significant
difference was found between the necrotic, i.e., annexin-V-/PI+, cell populations in the two
experimental conditions.
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Figure 4. Flow cytometric assays for apoptosis in HepG2 cells cultured under control conditions
or exposed to CFE IC5024 for 24 h. The plots show the results of representative experiments, and
the percentages indicated as the mean ± s.e.m. of three independent experiments refer to viable
annexin-V−/PI− cells (bottom left quadrant), early apoptotic annexin-V+/PI− cells (bottom right
quadrant), late apoptotic annexin-V+/PI+ cells (top right quadrant) and necrotic annexin-V−/PI+

cells (top left quadrant).

Then, we determined whether cell exposure to the extract could impair the mito-
chondrial function by monitoring mitochondrial polarization status with the membrane-
permeable JC1 dye, which is sensitive to changes in the MMP, thereby evaluating the
percentage of cells with bright green/bright red emission (indicative of intact MMP) and
of those ones with bright green/dim red emission (indicative of MMP collapse). Figure 5
shows that the CFE determined the dissipation of the MMP. In particular, after 24 h and
48 h of exposure to the preparations at the IC5024 and IC5048, the dim red-emitting cells
were found to increase from about 27% and 25% of the controls to about 48% and 98%,
respectively. In the latter case, the value obtained was coincident with that of the positive
control treated for 48 h with valinomycin.

The ability of the CFE to dysregulate mitochondrial metabolism was also investigated
through the evaluation of the accumulation of ROS. The produced amount of peroxide-like
and nitric oxide-derived reactive molecules was monitored by flow cytometric analysis
of the oxidation extent of the H2DCFDA probe to green-emitting DCF at early (4 h of
exposure) and late (24 h of exposure) time points. By analogy with other experimental
models [23,28–30], two distinct cell subpopulations endowed with low (ROS–) and high
rates (ROS+) of ROS generation were found in each sample. Thus, we evaluated the mean
fluorescence intensity (MFI) of the events associated with the ROS+ subpopulations in the
different experimental conditions to compare their rates. The results obtained show the
occurrence of a drastic down-regulation of ROS generation after short-term incubation with
the CFE (average control cells’ MFI vs. treated cells’ MFI = 11,662 vs. 2885), which remained
approximately constant after 24 h of exposure (average MFI = 2064) although a decrease
in ROS accumulation could be observed at this time point also under control conditions
(average MFI = 6710) (Figure 6). As reported by Raja et al. [29], we also evaluated the
ratio between ROS+ and ROS- cells within the whole population. As shown in Figure 7,
CFE treatment correlated with very low levels of basal ROS (average control cells’ ratio vs.
treated cells’ ratio = 1.39 vs. 0.18 at 4 h and 8.73 vs. 0.07 at 24 h). Cumulatively, the obtained
data are consistent with the idea that the switching-off of ROS production contributes to
the cytotoxic activity of the CFE.
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Figure 5. Flow cytometric assays for MMP in HepG2 cells cultured for 24 (A–C) or 48 h (D–F) under
control conditions (A,D), in the presence of 1μM valinomycin (B,E) and of either CFE IC5024 (C) or
CFE IC5048 (F). The plots display the outputs of representative experiments, and the percentages in
the bottom quadrants of each frame expressed as the mean ± s.e.m. of triplicate experiments are
related to dim red-emitting cells that underwent collapse of MMP.

Figure 6. Bar graphs showing the ROS-associated MFI in ROS+ cell subpopulations of control and
IC5024 CFE-treated HepG2 cells for 4 and 24 h. The error bars correspond to the standard error of the
mean (s.e.m.) of three independent measurements. * p < 0.05.
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Figure 7. Bar graphs showing the ROS+ cell/ROS− cell ratio in control and IC5024 CFE-treated
HepG2 cells for 4 and 24 h. The error bars correspond to the standard error of the mean (s.e.m.) of
three independent measurements. * p < 0.05.

In order to determine whether the CFE could affect the autophagic behavior of HepG2
cells, acridine orange staining was performed to label AVOs, a hallmark of autophagic
cells that is indicative of autophagosome accumulation and autolysosome formation [31],
at early (4 h of exposure) and late (24 h of exposure) time points. As shown in Figure 8,
in this case, two distinct cell subpopulations characterized by low (AVO−) and high rate
(AVO+) of acridine orange fluorescence were found after the flow cytometric assays and
plot analyses. The present data confirmed that HepG2 cells are characterized by a high
basal level of autophagy, as already indicated in [23,32]. In fact, the percentage of AVO+

cells accounted for about 90% and 70% at 4 and 24 h of culture under control conditions.
Conversely, the percentage of AVO+ cells decreased after 4 h of treatment with IC5024 CFE
to about 70%, and the prolongation of the time of exposure to 24 h determined the complete
disappearance of the AVO+ cell fraction, whose proportion dropped to about 0.2% of the
total population.

In order to verify to what extent inhibition of the autophagic process could be respon-
sible for the observed CFE-dependent cytotoxicity on HepG2 cells, cells were co-incubated
with IC5024 CFE and 1 nM rapamycin (sirolimus), a known inhibitor of mTOR (mammalian
target of rapamycin) serine/threonine protein kinase, which acts as autophagy promoter.
As shown in Figure 9, this co-treatment was unable to reverse the CFE-triggered decrease
in cell number, thereby suggesting the occurrence of extensive and widespread damage
induced by exposure to CFE.

Lastly, we examined the effect of the incubation with IC5024 CFE from A. lixula on
HepG2 cells’ migratory ability through a scratch wound healing assay. As expected, based
on some previously published results [23,33,34], the panel of micrographs in Figure 10
shows that control HepG2 cells exhibited a locomotory attitude that determined the re-
duction in the denuded area (mean area % = 23 at time 0), which had already started at
2 h from the scratch time (mean area % = 17) and led to its partial obliteration after 6 h
(mean area % = 6) and total closure within 22 h. Notably, since the doubling time of HepG2
cells is ≥24 h [35,36], the observed effect could not be ascribable to cell proliferation. In
contrast, the exposure to the CFE inhibited the cells’ ability to migrate into the scratched
area and, in addition, starting from 2 h of exposure and in line with the previous data, the
cells displayed prominent signs of suffering and damage, such as rounding and clumping,
ultimately determining their visible detachment from the substrate.
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Figure 8. Flow cytometric assays for AVO accumulation in HepG2 cells grown under control condi-
tions for 4 h (A) and 24 h (C) or incubated with IC5024 CFE for 4 h (B) and 24 h (D). The plots show
the results of representative experiments, and the percentages indicated as the mean ± s.e.m. of three
independent experiments refer to AVO+ cells (right quadrants) and AVO− cells (left quadrants).

In light of the observed cytotoxic role played by the CFE from A. lixula on HepG2
tumor cells, proteomic analysis of the preparations was performed after proteolysis of the
samples and MS sequencing to detect bioactive components. Overall, 1952 obtained spectra
matched forward peptides, and the final output reported 104 forward and 20 reverse
proteins and 329 unique forward peptides. The estimated spectrum-level FDR on true
proteins was 0.3%. A bioinformatic similarity search against the BlastP database identified
28 proteins contained in the CFE and potentially associated with the various aspects related
to the derangement of HepG2 cell biological activities reported previously here, as well as
with exosome secretion. The peptide sequences and the results of alignments selected on
the basis of sorting by the best E value are reported in Table 1.
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Figure 9. Bar graphs showing the absence of a statistically significant effect by 1 nM rapamycin co-
treatment on CFE-induced decrease in cell number after 24 h of exposure. The error bars correspond
to the standard error of the mean (s.e.m.) of three independent measurements.

Figure 10. Panel of representative phase-contrast micrographs acquired during the wound healing
assays at different time points under control conditions and in the presence of IC5024 CFE. The assay
was performed in triplicate. Microscopical magnification = 20×.
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4. Discussion

Sea urchins’ coelomic fluid represents a pseudo-vascular system designed for the
transport of nutrients and gases and the fulfillment of the immune defense and stress
response reactions. It contains a complex mixture of soluble molecules secreted consti-
tutively by different parts of the echinoderm’s body, whose identification and biological
characterization are still very limited. In terms of possible biomedical translation, the
available literature data only indicated that the cell-free CF from Tripneustes depressus
possessed anti-viral properties against Suid herpesvirus type I and rabies virus, whereas
that of Echinometra mathaei was endowed with a high radical-scavenging activity [37,38].
Additional studies focused on the characterization of protein components in the CFEs from
different echinoderm species, pointing them out as potential sources of anti-microbial and
anti-cancer agents [19,39]. Interestingly, D’Alessio et al. [40] recently found the presence
of exosome-like extracellular vesicles in Strongylocentrotus purpuratus’s CF and charac-
terized their associated protein cargo, thus suggesting an increasing complexity in the
composition of the fluid.

Previous results had revealed for the first time the beneficial effects of A. lixula’s
CFE against human triple-negative breast cancer, using MDA-MB231 cells as a model
system [20]. In this case, the biological characterization of the cytotoxic activity highlighted
the arrest of the cells in the S phase of the cell cycle, the depolarization of the mitochondria
and the up-regulation of ROS production, although no occurrence of apoptotic death and
of modification in AVOs’ accumulation rate was observed.

Here we focused our attention on determining the possible protective effects exerted
by the extract against the HepG2 cell line selected as an in vitro model of cancer of the diges-
tive system, i.e., hepatocellular carcinoma. This aggressive neoplastic histotype represents
the most common form of primary liver cancer, ranking sixth in incidence and fourth in
mortality among all tumors [41]. Although hepatocarcinogenesis is multifactorial, the main
risk factors include chronic fibrosing liver disease and cirrhosis [42]. Within the altered
microenvironment of chronic liver injury, the damaged hepatocytes are addressed to a sus-
tained regeneration program coupled with liver progenitor cell expansion, which ultimately
results in the accumulation of genetic alterations and progressive cell de-differentiation
likely responsible for their neoplastic transformation [43]. The advances in the knowledge
of the major molecular signaling pathways involved in the development of hepatocellular
carcinoma (HCC) prompted the analysis of the potential preventive and therapeutic roles
of natural products, able to intervene in the modulation of the oncogenesis-linked intra-
cellular events [44,45]. However, an accurate biological characterization of the molecular
mechanism of action of the agents under study is the essential foundation for the successful
development of targeted treatments.

Our data depicted an anti-HCC role of the CFE preparation, at least under the condi-
tions used, but displaying different characteristics from those reported for breast carcinoma
cells. In fact, exposure of HepG2 cells to the extract determined cell addressing to the
sub-G0 phase after arrest at the G2/M phase associated with apoptotic death that reached
massive completion after 48 h. During this time, cells underwent gradual mitochondrial
depolarization and ROS and AVO depletion. Consistent with the derangement of cells’
healthy state, an early block of cells’ motile activities was also demonstrated, thus sug-
gesting that the CFE may also act as a potential suppressor of HCC metastatic ability. The
panel of study endpoints chosen to test the efficacy of the CFE on HCC cells provides a
framework of phenotypic changes that converge to confirm its powerful inhibitory effect.

As a complement to the study of the effect of CFE treatment on cell phenotype,
we undertook a search at the proteomic level of CFE’s molecular constituents that may
conceivably be involved in the observed cytotoxic activity. This study predicted a number
of putative anti-cancer proteins responsible for the lethal effect on HepG2 cells. In addition,
as already reported for Holothuria tubulosa’s CFE [23], histones, which can be considered
exosome-linked signatures, were also detected, suggesting the release of extracellular
vesicles carrying, among the others, the intracellular constituents likely causing the anti-
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HepG2 effects. It is known that extracellular histones are involved in exosome-mediated
adhesion and could conceivably be involved in exosome uptake by target cells and the
subsequent activation of signaling [46]. Exosomes are conceivably preserved intact by
the method of preparation of the CFE and, therefore, could be ready to fuse with and
transfer their cargo into cancer cells. In addition, to strengthen our hypothesis, Tadayoni
Nia et al. [47] reported that the siRNA-mediated silencing of the gene coding for the
transmembrane WD repeat-containing protein 81, one of the protein signatures found in
our analysis, was able to reduce the release of exosomes by human glioblastoma cells.

Among the protein signatures identified, most of them may be mainly, but not exclu-
sively, associated with the activation of programmed cell death. Lipid-free apolipoprotein B
has been shown to exert cytotoxic effects on several cytotypes through binding and disturb-
ing the structure of their plasmalemma, thereby triggering apoptosis [48]. The early report
by Hall [49] ascribed to thymosin β10 an apoptosis-controlling role by functioning as an
actin-mediated tumor suppressor, which induces cytoskeletal disorganization. In addition,
Thr20 was found to be specifically required for actin sequestration and apoptosis promotion
in ovarian cancer cells, whose thymosin-dependent inhibition of the Ras pathway was
acknowledged [50,51]. Arylsulfatases are common components of toxic secretions of differ-
ent animal organisms [52]; of note, Lai et al. [53] reported the effect of the up-regulation
of SULF1, coding for arylsulfatase-1, on the decrease in the proliferation rate and motile
attitude in vitro and tumorigenesis in vivo of liver tumor cell lines, and the potentiation of
cell sensitivity to apoptotic stimuli possibly via inhibition of both the MAP kinase/ERK and
PI3 kinase/AKT kinase pathways. Deleted In Malignant Brain Tumors 1 (DMBT1), which
was also found in the CFE of Holothuria tubulosa [23], acts as a tumor growth suppressor
and an effector of genetic resistance to liver carcinogenesis in rats and humans [54]. Its
overexpression in GBC-SD gallbladder cancer cells was proven to decrease cell proliferation
rate and induce apoptosis via stabilization of the phosphatase and tensin homolog (PTEN)
and inhibition of the PI3K-Akt pathway, also reducing xenograft tumor growth in vivo [55].
BTB/POZ domain-containing proteins were found to inhibit proliferation, locomotion and
invasion; impair cell cycle; and promote apoptosis in a panel of different tumor cell lines,
also restraining xenograft tumor growth [56–58]. Hadari et al. [59] demonstrated that the
integrin-binding protein galectin-8 was responsible for the inhibition of the adhesion of
human lung cancer cells to the substrate, thereby addressing them to apoptosis. Autelli
et al. [60] produced evidence that the increase of intracellular ceramide generated by acid
sphingomyelinase-mediated sphingomyelin cleavage determined the activation of caspases
and the stimulation of the intrinsic pathway of apoptosis in rat hepatoma cells co-treated
with TNF and cycloheximide. Tripartite motif-containing protein 45 is a tumor suppressor
member of the RING-finger-containing E3 ligases. Data from Peng et al. [61] and Zhang
et al. [62] demonstrated its ability to promote cell apoptosis by activating the p38 signal and
inhibit proliferation by down-regulating p-ERK in lung cancer cells, as well as to suppress
glioblastoma proliferation and tumorigenicity by protecting p53 from degradation and
inactivation, thereby allowing cells to undergo apoptosis. The inhibition of the intrinsic
pathway of apoptosis was a result of the absence of functioning growth/differentiation
factor 8, a.k.a. myostatin, in knockout C2C12 cells; the same factor was also proven to
reduce the viability and disrupt the migratory and proliferative potential of MCF-7 breast
cancer cells [63,64]. Ultimately, sterile alpha motif domain-containing protein 9 was re-
ported to play a fundamental role in the interferon β-induced apoptotic pathway in human
glioblastoma cells [65].

In addition, some protein signatures may be mainly associated with the impairment
of the cell cycle and the inhibition of cell proliferation. This is the case of 14-3-3 protein,
CEP85, cryptochrome-2, chromodomain-helicase-DNA-binding protein 8, HHEX, low-
density lipoprotein receptor-related protein 1B and TET3 [66–74]. In particular, the p53-
inducible oncosuppressor 14-3-3 is known to prevent the import of the cyclin B1/cdc2
complex in the nucleus and to bind to CDK2 and CDK4, thus likely affecting the G1/S
transition. Overexpression of CEP85 was found responsible for preventing centrosome
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disjunction during mitosis. Knockdown of cryptochrome-2, a core component of the
circadian clock, was proven to up-regulate osteosarcoma cell proliferation and migration
by inducing cell cycle progression and promoting the MAPK and Wnt/β-catenin signaling
pathways; similarly, chromodomain-helicase-DNA-binding protein 8 also functions as a
tumor suppressor by regulating Wnt/β-catenin signaling and the cell cycle. Overexpressed
HHEX was reported to restrain hyperproliferation, metabolism activity, cell size and
transformation characteristic of c-Myc tumorigenic activities by binding and breaking
c-Myc/Max heterodimers; in particular, dealing with liver cancer, HHEX proved capable
of inhibiting tumorigenicity of Hepa1-6 hepatoma cells by suppressing their growth and
colony-forming ability in vitro and tumor development in nude mice. Overexpression of
full-length LRP1B, coding for the low-density lipoprotein receptor-related protein 1B, led to
an impaired proliferation of human non-small cell lung cancer cells, whereas its knockdown
exerted the opposite effect. In addition, this protein was found to function as a tumor
suppressor also against renal cell cancer, its down-regulation leading to the increase in
cell migration and invasion, possibly via actin cytoskeleton remodeling regulated through
the Cdc42⁄RhoA pathway and expressional alteration of the components of focal adhesion
complexes. Ultimately, a knockdown of the expression of TET3 was reported to promote
the proliferation of HepG2 cells.

One of the identified protein signatures, i.e., alkB homolog 7, could be associated with
mitochondrial damage. In fact, data from Fu et al. [75] demonstrated its involvement in the
massive loss of mitochondrial homeostasis leading to permeability transition pore opening,
NAD+ efflux into the cytoplasm and, eventually, energy depletion and cellular demise.

Regarding the four remaining signatures listed, it may be inferred that: (i) selenide and
water dikinase determine the decrease in ROS accumulation since Na et al. [76] reported
that deficient cells showed the down-regulation of genes involved in ROS scavenging;
(ii) Kv channel-interacting protein 4 acts as a putative tumor suppressor, as shown in
hepatocellular carcinoma [77]; (iii) hemicentin-1 acts as putative cytotoxicity-associated
factor, as shown in breast cancer [78]; and, (iv) TBC1 domain family member 2B, a Rab22-
binding protein, is an inhibitor of cell motile attitude by blocking E-cadherin degradation
necessary for epithelial-mesenchymal transition, as demonstrated with human lung cancer
cells [79].

By taking the obtained results and the literature data into consideration, the findings
reported here allow us to make the following comments:

(1) For HepG2 cells, anti-cancer agent-triggered growth arrest at the G2/M phase is an
event commonly leading up to apoptosis. This impairment was ascribed to different
causes, such as the inhibition of cyclin-dependent kinase-2A, the activation of p38
MAPK signalization or the inhibition of tubulin polymerization, determining the
failure of the assembly and dynamics of mitotic spindle structure [80–82]. Therefore,
the molecular basis of CFE-stimulated cell cycle block is an interesting aspect that
remains to be clarified and can bring to light new intracellular targets for anti-HCC
treatment options;

(2) It is known that HepG2 cells are endowed with elevated levels of basal autophagy [23,56].
This allows their survival, active growth and locomotion by fulfilling the related high
metabolic and energetic demands. Thus, it is conceivable that the suppression of
“protective” autophagy may contribute to CFE’s cytotoxic activity. Interestingly, in line
with [83], autophagy down-regulation may lead to the inhibition of cell proliferation
and the onset of apoptosis via the intrinsic pathway, as suggested in our model system
by the derangement of mitochondrial function. On the other hand, the failure of
rapamycin co-treatment to restore cell viability suggests that autophagy inhibition is
secondary to the other CFE exposure-linked aspects of cell damage, i.e., mitochondrial
dysfunction, ROS depletion and apoptosis promotion, the latter determining a massive
impairment of cell functions that cannot be rescued by the sole autophagy reactivation;

(3) It is worth mentioning that the HepG2 cell line is characterized by low levels of
expression of the cytochrome P450 family 2 subfamily E member 1 (CYP2E1) protein,
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a ROS-generating enzyme of the endoplasmic reticulum, and therefore is considered
a helpful model to test the formation of ROS mainly from mitochondrial sources [84].
Our results show a drastic reduction in the generation of mitochondrial ROS in ex-
posed cells. It is known that low levels of ROS act as redox-active signaling messengers
necessary for cell proliferation and functions and that cancer cells require a greater
supply of these molecules; otherwise, they become unable to grow normally [85].
Thus, by analogy with the literature data, it is conceivable that the redox imbalance
occurring in CFE-treated HepG2 cells may also contribute to the cytotoxicity-leading
vicious cycle by promoting mitochondrial dysfunction and triggering mitochondria-
mediated apoptosis.

A limitation of this study is represented by the lack of identification of the “active
constituent(s)” of the CFE responsible for the death-promoting activity. Our results indicate
that this (these) compound(s) withstand(s) lyophilization, resuspension and freeze–thawing
cycles. Nevertheless, the proteomic profile analysis revealed the presence of a rich mix of
proteins that can seemingly play anti-cancer roles at different levels. Moreover, molecular
docking analyses by Wydananda et al. [39] also demonstrated the potential of peptides
from A. lixula’s CF to act as anti-non small cell lung cancer agents due to their ability to
inhibit different signaling pathways implicated in the progression of this tumoral histotype.
Thus, cumulative evidence prompts focusing attention on the protein components of
the CFE for a future and more detailed examination of their biological properties and
possible applications.

5. Conclusions

Overall, our results provide evidence for the cytotoxic potential of A. lixula’s CFE
against HCC cells, which comes in addition to the anti-triple negative breast cancer effect
previously published [Luparello], thus increasing the interest in the biomedical imple-
mentation of the preparation. Future work will focus on the isolation of the substance(s)
responsible for the cytotoxic effect and on the more detailed characterization of the underly-
ing molecular mechanism(s) that mediate(s) cell death. Given the great need for developing
alternative treatment options against liver cancer, our results indicate that the aqueous
extract of A. lixula’s CF can be taken into consideration as a potential anti-HCC agent
for the development of novel prevention and/or treatment agents, which could also be
included as a supplement in functional food or during food processing and packaging.
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Abstract: The purpose of this paper is to present a morphological description of three different types
of acellular material lining hemal spaces in a shrimp, providing a background for addressing future
questions. The vasculature of the penaeid shrimp, Sicyonia ingentis, includes vessels leading from
the heart into arteries which branch and expand into sinuses before returning hemolymph back to
the heart. Early work showed that an endothelium was absent, and a basement membrane (BM)
separated tissues from the hemolymph. Therefore, it was suggested that hemocytes could identify
anything other than the BM as a “foreign” entity. This study demonstrates three major types of
acellular material lining the hemal spaces of S. ingentis. Cardiomyocytes, digestive gland tubules,
and abdominal muscle fibers are covered by BMs. Major arteries are lined by a fibrillin-like fibrous
material. Finally, sheaths of collagenous connective tissues cover the heart and digestive gland as
well as the outer surface of arteries, the gut, and gonad. Our understanding of hemocyte receptors
and extracellular matrices in general have greatly expanded but the biochemical composition of
the matrices lining crustacean hemal spaces, their role in regulating nutrient uptake, and the cells
responsible for their deposition deserve further attention.

Keywords: crustacean; vasculature; extracellular matrix; basement membrane; connective tissue
sheath; fibrillin

1. Introduction

Decapod crustaceans have a “semi-open” [1] or “incompletely closed” [2] circulatory
system, meaning that hemolymph is not completely contained within vessels as it travels
throughout the body. Although arteries extend from the heart and branch into smaller
tubes, the vessels eventually end and expand into sinuses before the hemolymph drains
back into the heart; veins are absent [1,3]. Shrimp hemal spaces lack an endothelium and
instead are lined by an extracellular matrix [4]. Circulating fluid is called hemolymph
because there is no separation of blood from lymph, and it bathes the surfaces of tissues
and organs directly [2].

In 1970, it was suggested that circulating hemocytes (blood cells) might identify
non-self materials as anything differing from the matrix lining hemal spaces, which was
called a basement membrane (BM) [5]. In 1984, the idea was expanded to suggest that
hemocytes moving past these surfaces receive signals regarding the presence of foreign
materials [6]. Our understanding of the repertoire of receptors on hemocytes has greatly
expanded with continued research on invertebrate innate immunity and now includes
toll-like receptors [7,8], integrins [9–11], lectins [12], and pattern-recognition motifs [13].

Our understanding of BMs and extracellular matrices has also greatly expanded
mostly in vertebrate systems, while knowledge on the extracellular matrices lining hemal
spaces in crustaceans has received little attention. Typically, the morphology of these
primarily acellular layers is only noted in passing in descriptions focusing on the cellular
components of particular tissues [14–17], only a single type of matrix has been described
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in each study, and a variety of terms have been used such as BMs, basal laminae, inter-
nal/external laminae, and tunica intimae.

This paper will demonstrate that three types of acellular materials line hemal spaces
in different regions of the penaeid shrimp Sicyonia ingentis: BMs, elastic fibrillin-like layers,
and connective tissue sheaths. The first type of acellular material, basement membranes,
has been well studied in vertebrates where they provide mechanical support to epithelial
cells [18–20] while influencing macromolecule exchange between blood and tissues [19].
There are considerable morphological variations seen in invertebrates [21] and the use of the
term basement membrane was encouraged “as a general descriptive and comprehensive
word to be used in light microscopy, biochemistry and electron microscopy”. At the
light microscope level, BMs appear as thin layers separating epithelia from underlying
connective tissue and stain positive with PAS. At the TEM level, three layers may be seen;
an electron-lucent lamina rara beneath the plasma membrane followed by the lamina densa
and a second electron-lucent zone called the lamina reticularis, which blends into the
underlying connective tissue when present [21]. The major component of BMs is collagen
type IV, localized within the lamina densa [18,21–24].

An important difference between BMs in vertebrate vessels and the ones lining crus-
tacean (as well as most other invertebrates) hemal spaces is that in the latter the BM faces
an epithelium on one side and a hemal space on the other. In vertebrate vessels, a BMs lies
between the basal surface of the endothelium and the underlying connective or muscular
tissues. In both vertebrates and invertebrates, BMs also surround specialized cells such as
adipose cells and striated and cardiac muscle cells [25–31].

A second type of matrix is restricted to the inner lining of large arteries extending
from the heart in shrimp [17], lobsters [32], and crab [33]. It has been called the tunica
interna (internal lamina) [4,17], it is thicker than a BM, and is composed of a weave of
microfibrils. In the shrimp, it stains with histological dyes for elastin [17], but not so in
the crab [33]. Work on lobsters has demonstrated it reacts with antibodies to mammalian
fibrillin [32,34,35], a glycoprotein involved with the deposition of tropoelastin during the
formation of elastic fibers [36–38]. The fibrils themselves have elastic properties in the
lobster artery and assist in propagation of blood following contraction of the heart [32].

The third acellular matrix lining hemal spaces is a connective tissue sheath which has
been described as “fundamentally an accumulation of collagen fibrils” [39]. In that study,
the term tunica externa was used, and it was noted that the layers of collagen are oriented
primarily longitudinally to blood flow with sparse, interspersed fibroblast-like cells. The
fibrils surround the outer surfaces of blood vessels and the gut (fore-, mid-, and hind-gut),
as well as forming sheaths surrounding the entire collection of digestive gland tubules [40],
and nerves [41–44].

The goal of this study is to make these linings the focus of a morphological description
presenting the diversity of these matrices past which hemocytes and hemolymph circulate
within a single crustacean, the penaeid shrimp Sicyonia ingentis. This will set the stage
for future work to characterize the biochemical nature of these layers and their roles in
nutrient exchange.

2. Materials and Methods

2.1. Collection and Maintenance of Shrimp

Adult, sexually mature ridgeback prawns, Sicyonia ingentis, were collected in 100 m
of water off the coast of Palos Verdes, California by otter trawls in April 2019. Shrimp
averaged 14.5 ± 3.3 g and were in molt stage D [45]. The shrimp were kept in aquaria with
salt-water at 15 ◦C and 33 ppt salinity.

2.2. Tissue Collection and Processing

The stomach, digestive gland (outer covering of entire organ as well as individual
tubules), midgut trunk, gonad, heart, dorsal abdominal artery, and muscle from the dorsal
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wall of the 4th abdominal segment were carefully removed from the body of the shrimp
and immersed in fixatives (see below).

For light microscopy (LM), tissues and organs were cut into pieces 1 cm3 and fixed for
a minimum of 3 h in half-strength Karnovsky’s fixative (2% formaldehyde, 2.5% glutaralde-
hyde in 0.1 M sodium cacodylate pH 7.4) and processed for standard paraffin embedding.
Thick sections (8 μm) were stained with hematoxylin and eosin, periodic acid-Schiff pro-
cedure (Sigma-Aldrich, St. Louis, MO, USA; kit 395B), and Masson’s trichrome stain
(Sigma-Aldrich St. Louis, MO, USA; kit HT15), using standard procedures [46].

For scanning electron microscopy (SEM), similar sized pieces of tissues and organs
were cut adjacent to those selected for LM and fixed in 3% glutaraldehyde in 0.1 M sodium
cacodylate pH 7.4 containing 12% glucose for 3 h. Samples were then dehydrated in a
graded series of ethanol, dried using hexamethyldisilane (Pella 18605), coated with gold in
a Technics Hummer 2, and examined in a Phenom SEM.

For transmission electron microscopy (TEM), tissues were fixed overnight in the same
fixative used for SEM, washed 10 min in buffer (0.1 M sodium cacodylate with 24% sucrose),
post-fixed 1 h in 1% OsO4 in 0.1 M sodium cacodylate buffer, stained en bloc for 1 h in
3% uranyl acetate in 0.1 M sodium acetate buffer pH 4.5, dehydrated through a series of
ethanol, and infiltrated and embedded in Spurr’s plastic [47]. Semi-thin sections (0.5 μm)
were stained with methylene blue and thin sections (70 nm) were stained with lead citrate
and viewed in a Zeiss Laborlux 12 light microscope and a Zeiss EM 109 transmission
electron microscope (TEM), respectively.

2.3. Measurements

Ten shrimp were examined in this study; five were processed for paraffin embedding
and examination by LM, five were processed for TEM and SEM. For LM and TEM, one
block from each sample was examined to produce ten images used for measurements.
For SEM, three measurements were made on a sample from each tissue. Measurements
reported in the text are presented as the range, and the mean ± one standard deviation.

3. Results

3.1. Distribution of Hemal Spaces

Blood is pumped from the heart into several large arteries that branch into narrower
vessels, which eventually end such that the hemolymph flows into spaces around and
directly bathes tissues and organs (Figure 1). The linings of the major vessels and the
external surfaces of the tissues and organs are described below.

Figure 1. Schematic of shrimp anatomy displaying organs adjacent to hemal spaces. Blood also fills the heart and dorsal
abdominal artery and surrounds individual tubules within the digestive gland.
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3.2. Fibrillin-like Lining of Major Arteries

The wall of the dorsal abdominal artery measures between 50.2–65.5, (
−
x = 58.2 ± 0.8)

μm thick and is composed of the following layers (Figure 2A); an innermost fibrillin-like

layer, a thin layer of muscle (6.4–9.7, (
−
x = 7.3 ± 0.6 μm), two additional fibrillin layers

(4.0–10.4 ± 0.5 μm) separated by loose connective tissue (10.4–12.2, (
−
x = 11.6 ± 0.8 μm)

and an outer bounding connective tissue sheath (see Section 3.4). The inner fibrillin lining

(Figure 2A) is thin (1.0–1.5, (
−
x = 1.2 ± 0.3 μm) and stains with eosin and PAS but does not

stain with trichrome for collagen. When viewed by SEM (Figure 2B,C) the surface is smooth
with folds ranging in width between 16.6 μm and 23.2 μm, which may be due to shrinkage
or contraction during processing. At higher magnification (Figure 2C), the smooth surface
presents low profile ridges (0.4 μm in width) running primarily parallel to the long axis of
the vessel. The ridges have the same diameter as pseudopodal extensions from attached
hemocytes and may represent remnants of detached cells or exposed filaments that make
up the inner layer of the vessel wall. When examined using TEM, the inner fibrillin

layer is composed of fibrils (22.2–29.8,
−
x = 26.4 ± 1.4 nm diameter) forming a meshwork

(Figure 2D).

 

Figure 2. Inner lining of the dorsal abdominal artery. (A) Light micrograph of cross section through vessel wall showing
inner lining of fibrillin-like material (f) separating the hemocoel (hc) and a hemocyte (h) from three wall layers of connective
tissue (ct), separated by two additional layers of fibrillin (*), each outside of a muscle layer (m). An outer connective
tissue sheath (s) surrounds the entire vessel. (B) Low magnification view of inner vessel lining (il) showing folded surface.
(C) Higher magnification view of inner fibrillin surface and attached hemocytes (h) with extended pseudopodia (ps) tapering
to diameters like small ridges (r) running parallel to long axis of vessel. (D) Transmission electron micrograph showing
the weave of filaments in the fibrillin layer (f) covering a ridge on the surface. Scale bar (A) 50 μm, (B) 50 μm, (C) 10 μm,
(D) 0.25 μm.

3.3. Tissues Lined by BM

Individual heart myocytes, tubules of the digestive gland, and abdominal muscle
fibers are separated from hemal spaces by BMs too thin to be resolved clearly at the LM
level. All stain positive with PAS and faintly with eosin and trichrome. SEM of cardiac
myocytes shows a surface with longitudinal folds as well as periodic constrictions ev-
ery 4.5–9.0 μm, the latter possibly due to contraction during processing (Figure 3A). At
higher magnification, the BM seen between constrictions is smooth with widely spaced and
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randomly oriented filaments (0.3–0.7,
−
x = 0.5 ± 0.2 μm diameter). Hemocytes were com-

monly seen bound to the surface either singularly or in clusters of two to four hemocytes
(7.2–8.5 μm diameter; Figure 3B).

 

Figure 3. Tissues encased within basement membranes. (A) Scanning electron micrograph (SEM) of individual contracted
cardiac myocytes (m). (B) Higher magnification SEM showing BM surrounding myocytes (which is the same as seen
covering individual digestive gland tubules and abdominal muscle fibers) with attached hemocytes (h) and fine ridges
(arrows). (C) Low magnification SEM of surface of individual tubule from digestive gland with basement membrane (bm)
constricted periodically by thicker circumferentially arranged contractile cells (arrows) and thin cells running longitudinally
causing the BM to form bulges. (D) SEM showing surface of adjacent fibers from abdominal muscle covered by a basement
membrane (bm). An occasional collagen fiber and small pores (arrows) are seen on the surface. (E) Transmission electron
micrograph (TEM) showing thin basement membrane (bm) covering a myocyte (m) and the edge of hemocyte (h) in adjacent
hemocoel (hc). (F) TEM showing lamina densa layers of basement membrane (bm) covering the basal region of digestive
gland cells with mitochondria (m) and vesicles. (G) TEM of basement membrane (bm) separating hemocoel (hc) and
abdominal muscle cell (mc). Scale bar (A) 30 μm, (B) 15 μm, (C) 25 μm, (D) 100 μm, (E) 1 μm, (F) 0.5 μm, (G) 0.5 μm.

Although the entire digestive gland is surrounded by a connective tissue sheath
(see Section 3.4), each cylindrical tubule of the digestive gland is encased within a BM
(Figure 3C). Approximately every 16.7 μm there is a band of contractile cells (1.1–1.4,
−
x = 1.2 ± 0.2 μm wide) oriented around the circumference of each tubule. Additional
contractile cells oriented longitudinally subdivide each cylinder into approximately 50–60

ovoid or triangular bulges (14.3–16.7,
−
x = 15.0 ± 2.1 × 5.1–7.5,

−
x = 6.2 ± 1.1 μm). Between

the constrictions, the BM is smooth and appears the same as that shown in Figure 3B. Small
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aggregations of two to five hemocytes are commonly seen attached to the surface especially
in the depressions between adjacent bulges and the contractile cells.

Individual abdominal muscle cells appear in SEM as elongate cylinders approximately
50–90 μm in diameter with a wrinkled BM coating their surfaces (Figure 3D). Randomly

spaced pores measuring 5.3–10.4, (
−
x = 7.8 ± 1.4) μm diameter are common, as are individual

and small clusters of attached hemocytes.
When examined by TEM, the BMs of these three tissues are similar (Figure 3E–G). The

lamina densa in the BM surrounding each cardiac myocyte is a single fuzzy, moderately
electron-dense layer composed of fibers ranging between 30–40, and averaging 33 ± 2 nm in
diameter (Figure 3E). The lamina densa in the BM around each digestive gland tubule forms
an incomplete layer of electron-dense bodies (Figure 3F). In the BM of abdominal muscles,

the lamina densa consists of two electron-dense layers, one thicker (20–40,
−
x = 33 ± 2 nm)

and one thinner layer (approximately 40 nm; Figure 3G). All BMs lie directly against the
plasma membrane.

3.4. Tissues Lined by Connective Tissue Sheaths

Although individual cardiac myocytes, tubules of the digestive gland, and skeletal
muscle cells are encased within BMs, the collection of individual cells and tubules is
surrounded by a connective tissue sheath that encases each organ and separates it from a
hemal space. The term sheath is used when multiple collagenous layers invest an organ.
Similar sheaths were found covering the surface of the dorsal abdominal artery, the foregut,
the midgut trunk, and the gonad. All sheaths display a rough, irregular surface facing
the hemolymph, clearly shown using SEM. Figure 4A shows the irregular surface of the
sheath enclosing the heart composed of strands of collagenous fibers (typically 4.4–7.5,
−
x = 5.2 ± 1.2 μm diameter) forming a meshwork weaving around pores and depressions
that both range in diameter between 4.5 μm and 22.7 μm. Pores appear as empty channels
leading deeper into the sheath whereas depressions may have a bottom shelf. Hemocytes
(averaging 6.7 ± 2.1 μm in diameter) are frequently observed on the surface of the outer
investing layer of the heart, occasionally in clusters up to 30 cells.

The surface of the sheath covering the collection of digestive gland tubules is wrinkled
with a relatively smooth surface between folds (Figure 4B). Pores were small (1.2–4.7,
−
x = 2.8 ± 0.5 μm diameter) and rare. Hemocytes were observed on the surface of the
sheath and bound to pores. A fortuitous tear in the sheath allows visualization of the
constricted BM coating an individual digestive gland tubule lying beneath the sheath
(Figure 4B).

The outer surface of the dorsal abdominal artery and midgut trunk are also covered
by connective tissue sheaths, which show the greatest degree of surface irregularities
(Figure 4C,D); the sheaths are highly folded. The surface of the dorsal abdominal artery
has ridges oriented primarily parallel to the long axis of the vessel (Figure 4C). A small
vessel is shown branching from the dorsal artery and has the same appearance. The folds
on the surface of the midgut trunk appear as overlapping flaps with a width and height
ranging between 4–8 and 5–9 μm, respectively, with a thickened ridge over the apex and
pores, larger than seen in other tissue, up to 35 μm in diameter are present (Figure 4D).
Fewer hemocytes are seen on the surface of the midgut trunk as compared to the dorsal
abdominal artery, but they are always present.

When observed by SEM, the sheath surrounding the gonad lacks the high-profile
ridges seen on the dorsal abdominal artery and midgut trunk; the surface shows multiple
folds running both along the longitudinal and circumferential axes (Figure 4E). Pores were
not observed and individual hemocytes were occasionally present. The sheath covering
the foregut (Figure 4F) is morphologically similar to the sheath over the gonad; it is flat
with a roughened surface penetrated by numerous small, randomly distributed pores
(7.9–23.6 μm in diameter). Hemocytes are common on this surface and are found within
many of the holes.
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Figure 4. Tissues covered by a connective tissue sheath. (A) SEM of sheath (s) overlying a collection of myocytes composing
the heart with tracts of collagen fibers (arrows) forming a weave often around ovoid depressions opening to lower layers of
the sheath. Hemocytes (h) are common either individually or in clusters. (B) SEM of connective tissue sheath (s) covering
the digestive gland with an artifactual tear providing a look through the sheath at the underlying basement membrane
(bm) covering an individual tubule. (C) SEM showing wrinkled surface of outer sheath of connective tissue covering
the dorsal abdominal artery (daa) with a smaller vessel (arrows) branching off to one side. (D) SEM showing wrinkled
surface of connective tissue sheath covering the midgut trunk with an ovoid pore (p) extending into deeper layers of the gut
wall. (E) SEM of acellular sheath of collagenous material covering the outer surface of the gonad with low profile ridges
(arrows) and a small cluster of hemocytes (h) in a fold. (F) SEM of surface of foregut covered by a sheath of collagenous
material perforated by numerous pores (arrows) opening to deeper layers of the sheath. Bound hemocytes (h) are common.
(G) TEM showing collagenous layers (s) separated by a fibroblast-like cell (fb). n, nucleus. (H) TEM showing folder layers
of collagenous sheath (s) separating the hemocoel (hc) from a fibroblast-like cell (fb) in the outer layer of the midgut trunk.
n, nucleus. (I) TEM showing layers of connective tissue sheaths (s) separating hemocoel (hc) from the nuclear (n) region
of fibroblast-like cell. Scale bar (A) 25 μm, (B) 40 μm, (C) 60 μm, (D) 15 μm, (E) 25 μm, (F) 30 um, (G) 20 μm, (H) 25 um,
(I) 0.5 μm.
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Using TEM, the thickness of the investing sheaths is difficult to measure because
collagenous layers lining the hemal spaces appear identical to those that merge with the
connective tissue of the walls (Figure 4G–I). An intervening, incomplete layer of fibroblast-
like cells may or may not be present. Measuring only the collagenous layers between
the cells and the hemal spaces suggests the sheath around the gonad was the thinnest
(1.5 ± 1.2 μm) and that investing the foregut the thickest (3.1 ± 1.4 μm). All sheaths
examined by TEM showed the same morphology; bundles of collagen fibers separated
by electron-lucent spaces with a small number of elongate fibroblast-like cells forming
incomplete layers. The extensions of these cells may be extremely thin (0.16 μm) and
often appear empty. The collagen fibers form a weave over the surface of each organ. The

diameter of individual fibers ranges from 15.9–21.8,
−
x = 20.2 ± 1.1 nm in diameter and

display a periodicity of approximately 62 ± 2.4 nm. The nucleus of the fibroblast-like cells
has patches of heterochromatin along the inner border of the nuclear membrane, sparse
RER is present, and Golgi bodies are rare.

4. Discussion

In this study, we describe three distinct types of acellular matrices lining the hemal
spaces of the shrimp Sicyonia ingentis. First, the dorsal abdominal artery is lined with
a fibrillin-like interna. Second, tissues where an epithelium (such as digestive gland
tubules) and individually hemal-bathed cells (such as cardiac myocytes and muscle cells)
are separated from the hemal spaces by a thin BM. Third, collections of muscle cells and
digestive gland tubules are separated from the hemolymph by sheaths of connective tissue
which are also present on the outer surfaces of the arteries, gonad, and gut.

Major crustacean arteries are lined with a fibrillar, non-collagenous material as ob-
served in the ophthalmic artery [17], the dorsal abdominal artery of the shrimp (present
study), and in the aorta of the lobster Homarus americanus [34]. The lobster system has
been further studied biochemically to characterize the fibrils as the glycoprotein fibrillin
previously known from skin and connective tissues in vertebrates [32]. Its elasticity was
demonstrated using stress-strain models [32]. Its presence in the arteries may augment
hemolymph propulsion initiated by contractions of the heart.

Once hemolymph flows beyond the large arteries into smaller vessels, there is a
transition from a lining of fibrillin to a BM [39]. BMs were also found separating individual
cardiac myocytes and abdominal muscle fibers from hemal spaces. In the heart, individual
cardiac myocytes are encased within BMs and the entire collection of contractile cardiac
cells is surrounded by a connective tissue sheath. Likewise, tubules within that digestive
gland of the shrimp rest on a BM that is directly bathed by hemolymph, in agreement with
a report on the digestive gland in the lobster [40]. In that study, the sheet of connective
tissue encasing the collection of tubules was also described as a “typical, fibrous, connective
tissue, containing hemal sinuses and a variety of cell types embedded in a collagenous
matrix” [40] as we have described the connective tissue sheath in this paper. The gonad
in the shrimp and lobster is also composed of epithelial cells separated from the hemal
space by an acellular layer, which was originally referred to as a thick BM [48]. However,
we found a thicker layer in the shrimp composed of multiple layers of banded collagen
fibers and prefer to characterize it as a connective tissue sheath much like the sheath
surrounding the dorsal abdominal artery and midgut trunk. Other organs utilizing an
investing layer of BM but not examined in this study include the vessels of the Oka
organ [14,17], hematopoietic tissues in shrimp [15], and vessels within the compound eyes
of a variety of crustaceans [49]. A fourth organ using BMs is the gill where a study on
the shrimp Caridina japonica described the gill lamellae being bounded apically by the
exoskeleton and basally by a basal lamina lining the vascular lumen [50]. The BMs are the
thinnest acellular layers lining hemal spaces, which may allow for the most rapid exchange
of nutrients. For example, work on the vertebrate kidney has suggested that negative
charges in the BM may or may not be responsible for the passage of proteins entering into
the urine [51].

70



J. Mar. Sci. Eng. 2021, 9, 862

The outer surface of several tissues and organs, such as the arteries, the gonad, the
gut, and abdominal muscle, as well as the outer covering of the digestive gland and heart,
is covered by sheaths bathed in hemolymph. These are composed of multiple layers of
collagen fibers containing a few, widely separated fibroblast-like cells. Given the tensile
strength of collagen, the sheaths may provide the greatest stability to the enclosed organs,
but at what cost to nutrient exchange?

In this study, the distinction between BMs and connective tissue sheaths in shrimp
is solely based on morphology, including the positive staining with PAS and the ultra-
structural demonstration of an electron-dense lamina densa. The use of these terms and a
definitive distinction between BMs and connective tissue sheaths is based on the presumed
nature of the contained collagen; type IV is the definitive component of lamina densa and
hence BMs and the sheaths are composed of type I [21,44]. The biochemical nature of
collagens in arthropods is best known for insects [52]; in crustacea the interest in collagen
studies has been primarily on the abdominal muscle in relation to food quality [53]. Type I,
IV, and other types of collagen have been identified from both taxa [52–55] but immuno-
localization of these proteins seems limited to work in insects [56]. Although collagens,
such as type I and type IV, are highly conserved throughout animal evolution [31,57],
commercially available, non-crustacean antibodies may not prove effective in verifying
different types of collagen lining different tissues in the shrimp.

The demonstration of fibrillin and two types of collagens lining the hemal spaces
complicates our understanding of the physiology of blood flow in crustaceans and presum-
ably other invertebrates with an open circulatory system. In vertebrates, blood is confined
within vessels lined by an endothelium. Contact of circulating hemocytes with collagen,
such as the BM beneath the endothelium, indicates damage to the endothelium and is a
trigger for blood clotting [58]. Clearly, neither collagen nor fibrillin are a trigger for blood
coagulation in crustaceans [59]. In addition, the irregular surfaces of the connective tissue
sheaths must produce a non-laminar flow, which in vertebrates also encourages blood
coagulation [60,61].

It is hoped that this morphological study will encourage future studies to address
three topics. First, the types of collagen in the layers need to be established. Second, the
effect of the different layers on nutrient exchanges should be addressed. Third, what cells
are producing these layers? Embedded cells, such as fibroblast-like cells and muscle, may
be the source but seem too few and widely dispersed to cover the large surface area of the
entire hemal space. It has been suggested, at least in insects [62–67], that these matrices are
deposited by the circulating hemocytes, which could also be the evolutionary source of the
endothelia seen in closed circulatory systems [4,68,69]. If this can be shown for crustaceans,
then the role of the hemocytes will be greatly expanded from their primary research focus
on innate immune responses and wound healing [7,10,70].
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Abstract: Trichoplax adhaerens are simple animals with no nervous system, muscles or body axis.
Nevertheless, Trichoplax demonstrate complex behaviors, including responses to the direction of
the gravity vector. They have only six somatic cell types, and one of them, crystal cells, has been
implicated in gravity reception. Multiple crystal cells are scattered near the rim of the pancake-shaped
animal; each contains a cup-shaped nucleus and an intracellular crystal, which aligns its position
according to the gravity force. Little is known about the development of any cell type in Trichoplax,
which, in the laboratory, propagate exclusively by binary fission. Electron and light microscopy
were used to investigate the stages by which crystal cells develop their mature phenotypes and
distributions. Nascent crystal cells, identified by their possession of a small crystal, were located
farther from the rim than mature crystal cells, indicating that crystal cells undergo displacement
during maturation. They were elongated in shape and their nucleus was rounded. The crystal devel-
ops inside a vacuole flanked by multiple mitochondria, which, perhaps, supply molecules needed
for the biomineralization process underlying crystal formation. This research sheds light on the
development of unique cells with internal biomineralization and poses questions for further research.

Keywords: Trichoplax; Placozoa; cell type evolution; gravireception; crystal cell; biomineralization;
lithocyte

1. Introduction

Trichoplax adhaerens (Schulze, 1883) belongs to phylum Placozoa, a group of unique
marine animals, the appearance of which is strikingly different from animals in other phyla.
They have small (about 1 mm in diameter), flat, pancake-shaped bodies that undergo
amoeboid-like changes in outline [1–3]. They adhere to and crawl on substrates, propelled
by monociliated cells on the ventral side [4]. They lack a morphological anterior–posterior
body axis and can crawl in any direction [5]. Using chemotaxis, Trichoplax find their
food—cyanobacteria and microalgae [6]. Unlike most other metazoans, Trichoplax digest
their food externally, secreting digestive enzymes into the cleft between their body and the
substrate [4]. According to the majority of phylogenetic studies, Placozoa are sister to the
clade that includes Cnidaria and Bilateria [7–10]. Their simple body plans and lifestyles
make them a useful model for research aimed at understanding metazoan evolution.

Trichoplax has six broadly defined somatic cell types [3]. The main components
of the dorsal and ventral epithelia are monociliary dorsal and ventral epithelial cells,
respectively [4,11,12]. The ventral epithelium also includes mucocytes, several subtypes
of peptidergic secretory cells, and lipophils, involved in secretion of digestive enzymes
(reviewed by [13]). Each of these cell types is arranged in a distinctive radial pattern [14,15].
Fiber cells, implicated in innate immunity, are arrayed in a layer between the dorsal and
ventral epithelia [3,16,17]. Crystal cells, each containing a birefringent crystal, are confined
to a narrow zone near the rim where the dorsal and ventral epithelia meet [3,18].

Although there is molecular evidence of sexual reproduction in a clade of placozoans
collected from the Caribbean [19], placozoans maintained in culture propagate exclusively
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asexually. They divide frequently by binary fission or bud off spheric swarmers [5,20–23].
Analysis of cell proliferation shows large numbers of mitotic cells throughout the body [17,24].
However, no information is available about the generation and differentiation of any cell
type. The goal of this research was to learn about the development of one of the somatic
cell types, crystal cells.

Crystal cells have distinctive morphological characteristics, the most prominent of
which is possession of an intracellular birefringent crystal composed of calcium carbonate
in the form of aragonite [3,18]. Mitochondria are closely apposed to the crystal and the
cytoplasm is clear and almost free of organelles. The nucleus is cup-shaped and aligned
along the plasma membrane of one side of the cell, with the opening of the cup oriented
toward the rim of the body. Crystal cells are thought to be gravity receptors because the
crystal shifts in the direction of gravity [18]. Trichoplax typically have multiple (~75) crystal
cells located around their circumference [3]. However, some individuals have few or no
crystal cells. Animals with typical numbers of crystal cells were able to maintain normal
moving behavior, a random walk, when on a vertical substrate, whereas animals with few
or no crystal cells drifted downwards, suggesting that crystal cells are needed to receive
and respond to information about body orientation [18]. Whether and how crystal cells
communicate with the ciliated cells that mediate crawling is unknown. Crystal cells are
reported to generate action potentials [25] but no synaptic connections between crystal
cells and other cell types are apparent in ultrastructural studies. Better understanding
of Trichoplax gravireception may come from promising new experimental setups testing
behavior and gene expression in different gravity conditions [26].

Crystal cells resemble lithocytes, gravity detectors found in only a few other animal
groups (i.e., Acoela, flatworms) [27,28]. Ultrastructural studies of lithocytes have shed
light on the organization of statocysts and gravity reception in these groups. However,
little information is available about the development of lithocytes or the chemical bases of
biomineralization in these cells. The present work uses electron and light microscopy to
reveal the stages by which crystal cells, lithocytes of Trichoplax, acquire their distinctive
mature morphotype and distribution. Histochemical stains for molecules implicated in
extracellular calcium carbonate biomineralization in other animals failed to stain crys-
tal cells, suggesting that the formation of their aragonite crystals depends on different
biochemical pathways.

2. Materials and Methods

Animal care. Trichoplax adhaerens culture of the Grell (1971) strain (a gift from Leo Buss,
Yale University) was maintained in artificial seawater (ASW) (Instant Ocean, Blacksburg,
VA, USA) at room temperature with 1% Micro Algae Grow (Florida Aqua Farms, Dade
City, FL, USA) as described earlier [29]. Trichoplax medium was partially refreshed once
a week. Animals were fed red algae (Rhodamonas salina, Provasoli-Guillard National Center
for Culture of Marine Plankton, East Boothbay, ME, USA).

Transmission electron microscopy. Trichoplax were frozen and freeze substituted as
described elsewhere [3]. Samples were embedded in Epon resin and ultrathin sections were
cut in series of 5–7 continuous sections in order to examine the one with the largest void
from a crystal. After a short counterstaining with uranyl acetate and lead citrate, sections
were examined at 80 or 120 KV in a JEOL 200-CX electron microscope (JEOL, Tokyo, Japan)
and were photographed with an AMT camera mounted below the column.

Light microscopy. Trichoplax were placed on salinized cover slips and fixed in a mix-
ture of 4% paraformaldehyde (EMS, Hatfield, PA, USA) and 0.25% glutaraldehyde (EMS,
USA) in buffered ASW (NaCl 400 mM; MgCl2 5 mM; CaCl2 2 mM; sucrose 300 mM; HEPES
30 mM; pH 7.4) for two hours.

For crystal size evaluation, the samples were rinsed from fixative cocktail with
PBS (pH 7.4), stained with Hoechst dye (1:2000; Life Technologies, Carlsbad, CA, USA),
mounted in Vectashield (Vector Laboratories, Burlingame, CA, USA), and examined in
a LSM 510 microscope (Carl Zeiss Microscopy, Thornwood, NY, USA). Images were cap-
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tured with DIC and fluorescence optics with 405 nm illumination using 40X NA 1.2 or 63X
NA1.4 objectives.

For labeling with different dyes, samples were rinsed in PBS and decalcified in 10%
EDTA overnight. The following combinations of dyes were applied after rinsing with PBS
with 0.2% Tween (PBST):

1. Calcofluor White (Sigma-Aldrich; St. Louis, MO, USA) diluted 1:1000 in PBST was
applied for two hours; after washing with PBS, propidium iodide was added for
20 min.

2. Samples were incubated in blocking buffer (3% normal goat serum, 2% horse serum,
1% BSA in PBS) for one hour and then Col-F dye (20 μM final concentration; Immuno-
Chemistry Technologies, Bloomington, MN, USA) was applied for 30 min at 37 ◦C.
After washing with PBS, Hoechst was added for 20 min.

3. A cocktail of seven fluorescein conjugated lectins (Concanavalin A, Dolichos biflorus
agglutinin, peanut agglutinin, Ricinus communis agglutinin, soybean agglutinin, Ulex
europaeus agglutinin, and wheat germ agglutinin, all from Vector Laboratories, USA)
each diluted 1:200 in PBST and Hoechst was applied for two hours.

The samples were rinsed from dyes with PBS, mounted in Vectashield, and examined
in a LSM 510 microscope. Crystal cells were identified by a cup-shaped nucleus. Stacks of
images were obtained with 63X NA 1.4 objective and were then processed with Fiji software.

Crystal measurement and statistics. A series of optical sections through crystal cells
were captured with DIC optics. For each cell, the optical section capturing the crystal in
focus was selected for measurement. The longest diagonal of the bright, rectangular crystal
and the distance between the crystal and the rim of the animal were measured with the
straight-line tool of Fiji 2.0.0-rc-49/1.51d software (NIH, Bethesda, MD, USA).

To analyze correlation between crystal size and its position, statistics treatment was
performed with Past 3.14 software (Natural History Museum, Oslo, Norway). Since the
normality tests were not passed, Spearman’s rank correlation coefficient was calculated. To
exclude heteroscedasticity, a Breusch Pagan test was applied.

3. Results

The developmental sequence by which crystal cells acquire their mature phenotype
and distribution was investigated by transmission electron microscopy of thin sections and
light microscopy in wholemounts.

Morphology of differentiating crystal cells. Morphologically, commitment of a cell
to differentiation into crystal cell can be detected when a small crystal begins to grow in
a vacuole surrounded by mitochondria (Figure 1A). The crystal in a differentiating crystal
cell is several times smaller than crystals typically observed in mature crystal cells (compare
Figure 1A,C). The content of the vacuole bathing the growing crystal is homogeneous and
electron lucent (Figure 1A, inset). The differentiating crystal cell is elongated and irregular
in outline (Figure 1A). The nucleus is round, oval or bean-shaped (Figure 1A,A’) and may
not be flattened to the plasma membrane (Figure 1A). The cytoplasm contains ribosomes
and organelles.

As differentiation progresses, the crystal becomes bigger and occupies more of the
vacuole internal space (Figure 1B). The nucleus adheres to one side of the cell (Figure 1B,B’)
and gradually assumes the shape of a cup with thick walls (Figure 1 B,B’). The shape of the
cell becomes oval and its outline is mostly smooth but bears small protrusions (Figure 1B).

In mature crystal cells, the crystal is tightly enclosed within the vacuole membrane
(Figure 1C). The nucleus is flattened in cross section (Figure 1C,C’) and closely aligned
along the plasma membrane on one side of the cell (Figure 1C). The cytoplasm contains few
ribosomes and organelles. The cell is round, and its surface is mainly smooth but has small,
thin protrusions (Figure 1C). The cells have extensive areas of close apposition to one or
more ciliated epithelial cells and also interact with fiber cell bodies and processes [18].
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Figure 1. Transmission electron and light microscopy of developing and mature crystal cells. (A–C)—ultrathin sections
in TEM. (A’–C’)—light microscopy of Hoechst labeling (blue) shown superimposed on DIC image (left) and separately
(right). (A)—an early stage of crystal cell development characterized by a very small crystal (<800 nm), rounded nucleus,
and elongated shape of the cell. Inset is a magnified boxed region, showing a vacuole with a growing crystal. (A’)—a crystal
cell at the same stage as shown in (A), with a small crystal and bean-shaped nucleus. (B)—the crystal becomes larger, the
nucleus adheres to the cell membrane and begins to adopt cup shape, and the cell rounds up. (B’)—a stage corresponding
to (B) when the nucleus starts to bend. (C)—mature crystal cell with a large crystal occupying the entire volume of the
vacuole and a thin cup-shaped nucleus. (C’)—mature crystal cell corresponding to that in (C) with a large crystal and a
very thin nucleus. c—crystal, m—mitochondrion, n—crystal cell nucleus, p—crystal cell protrusions, v—vacuole with
growing crystal.

The main morphological characteristics of a differentiating crystal cell are: (i) a smaller
crystal floating inside a vacuole containing a substance that is electron lucent and homoge-
neous; (ii) a bean-shaped rather than cup-shaped nucleus and (iii) elongated rather than
round shape of the cell. Acquisition of the mature phenotype involves growth of the crystal,
reshaping of the nucleus and cell body and repositioning and removal of organelles.

Distribution of crystals of different size. Crystal cells are distributed along the rim
of the animal and absent from central regions of the body [3,18]. Measurement of the
distance from the body edge to individual crystals (n = 189) indicates that crystal cells
are scattered within a concentric region starting approximately 15 μm from the edge and
spreading inside up to 120 μm from the edge (Figure 2A). Within this belt-like zone, smaller
crystals selectively occupy the deeper region, while large crystals are located closer to
the periphery (Figure 2A,B). Indeed, there is a negative correlation between the size of a
crystal and its distance from the rim of the body (Spearman’s rs = −0.55, p = 3.76 × 10−16;
homoscedasticity was confirmed with Breusch Pagan test giving a p value of 0.66).

Attempt to identify organic matrix for crystal biomineralization. To seek molecular
signatures of an organic scaffold employed by crystal cells for biomineralization, several
dyes were applied to decalcified tissues of Trichoplax: calcofluor white, a dye that binds
chitin; Col-F dye, a stain for collagen and a cocktail of seven lectins with affinity to different
sugar moieties. None of the dyes bind to material at sites of decalcified crystals (red
arrowheads in Figure 3A–C), although some lectins label nuclear envelopes (Figure 3C).
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Figure 2. Distance from the rim of the animal of crystals of different size. (A)—dot plot showing individual crystal sizes at
varying distances from the rim (blue semi-transparent diamonds; N crystals = 189; N animals = 8) and linear trend line (red).
(B)—DIC image of marginal zone of Trichoplax body showing a group of crystals; size of each crystal is indicated in microns.
Smaller crystals lie deeper while larger crystals lie closer to the periphery.

 

Figure 3. Fluorescence labeling (green) for potential components of organic matrix for crystal
precipitation. Decalcified tissue was labeled with calcofluor white (A), Col-F (B) and a cocktail of
lectins (C). Nuclear labeling (Propidium iodide in A and Hoechst in B and C) is blue. Left panel
in each row shows an image in transmitted light, middle panel is merged fluorescence channels
(maximum intensity projection through crystal cell thickness) and right panel is fluorescence channels
superimposed on the transmitted light image. Arrowheads point at the site of a decalcified crystal.
The scale bar is applicable to all images.
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4. Discussion

We describe stages in the differentiation of placozoan crystal cells, a cell type impli-
cated in gravity reception. Maturation of crystal cells involves growth of a crystal within
a membrane enclosed vacuole, dramatic changes in the shape and position of the nucleus,
reshaping of the cell body and extension of small protrusions, repositioning and removal of
organelles, and cell displacement towards the rim. During maturation, they likely also es-
tablish their interactions with fiber cells and rim epithelial cells as described previously [18].
Crystal cell differentiation apparently occurs constitutively because most animals have
a row of cells containing large crystals around their entire circumference as well as cells
containing smaller crystals and located further from the rim. Nascent crystal cells do not
contain specialized organelles that are features of other somatic cell types (dorsal and
ventral epithelial cells, fiber cells, lipophil cells, and gland cells) so we hypothesize that
they are generated by undifferentiated mitotic cells, which are prevalent throughout the
body [17,30].

Cells involved in biomineralization in many animal lineages precipitate hard ma-
terial in extracellular space. Cells precipitating hard material internally are rare and
present in phylogenetically distant animal groups. These include scleroblasts in some
corals [31,32] and lithocytes in Acoela [27,33,34], Xenoturbella [28], Ctenophore [35] and
echinoderms [36]. Some unicellular organisms precipitate hard material intracellularly
that is subsequently deposited extracellularly [37]. The patchy phylogenetic distributions
of animals having cells with intracellular biomineralization is indicative of independent
evolution of this cell type; likewise, the cells providing gravireceptions are thought not
to share a common evolutionary origin [38]. Even within monophyletic clades, lithocytes
are thought to have evolved independently in different lineages [28]. A feature that is
shared between all of these various cell types is that internal biomineralization takes place
within an intracellular vacuole. The membrane of this vacuole is thought to have a rich
repertoire of ion pumps, transporters and exchangers [31,37]. Some lithocytes have mi-
tochondria adhered to the crystal [39,40]. In placozoan crystal cells, both immature and
mature, mitochondria surround the vacuole enclosing the crystal ([3,18]; present study)
suggesting that mitochondria could be essential for biomineralization process. Perhaps
they supply carbonate ions, as was shown in other calcifying non-bilaterians: sponges [41]
and corals [42].

Information about the differentiation of cells with internal mineralization is sparse.
Lithocytes of juvenile acoels are reported to have statoliths that are smaller and softer than
those in mature animals [34]. In Trichoplax, a small growing crystal in a differentiating
crystal cell is already hard as is evident because the crystal falls out during thin sectioning.

In most biomineralizing animals, hard inorganic material precipitates on an organic
scaffold which guides crystallization in order to finally form a structure with specific char-
acteristics (shape, ductility, density, hardness, and others) (reviewed by [43]). This organic
scaffold often has a complex architecture and is composed of different molecules such as
polysaccharides (i.e., chitin), collagen, proteoglycans, and small acidic proteins [44–47].
Our histochemical attempts to detect the epitopes of some of these molecules (chitin, colla-
gen, and carbohydrate residues of proteoglycans) in the organic compartment of a crystal
failed to identify a possible scaffold. Genome analysis revealed a very low level of proteins
with high rate of negatively charged amino acid residues in Trichoplax [42], and transcrip-
tome analysis did not reveal homologs of small acidic proteins in placozoans [48]. As
placozoans lack scaffolding molecules involved in biomineralization in other animals, they
may use a novel substrate, or cope with mineralization without any organic matrix.

Crystals of smaller size, that is, belonging to immature crystal cells, lay deeper inside
the animal body than the bigger crystals. This difference suggests that immature crys-
tal cells, apart from changing morphology, experience spatial displacement towards the
periphery during differentiation. The mechanism of displacement is unknown; EM obser-
vations of crystal cell processes showed no evidence of motility [18]. Alternatively, crystal
growth and crystal cell differentiation could be impeded in crystal cells differentiating
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farther from the animal rim. In addition to crystal cells, several other cell types in Trichoplax
have distinct concentric spatial distributions [14,15]. The control of differentiation and
positional information may be provided by multiple transcriptional factors with distinct
expression patterns across the Trichoplax body [49–51].

The present research provides the first description of how one of the somatic cell
types in Placozoa acquires its distinctive phenotype. Crystal cell differentiation involves a
complex sequence of structural changes and utilization of biochemical processes that result
in the formation of a hard intravacuolar crystal that we assume is critical for its proposed
function as a gravity receptor. Much remains to be learned about biomineralization in
crystal cells as well as about the sensory transduction mechanisms and signaling pathways
involved in gravireception. A promising approach would be to use RNAseq techniques to
characterize expression profile in crystal cells. A single cell RNAseq study of Trichoplax
revealed multiple cell clusters, many of which could be assigned to specific morphological
cell types [52]. However, no cluster was associated with crystal cells, possibly because
crystal cells are the least prevalent cell type, making clustering hard to define. For further
studies, samples enriched in crystal cells should be obtained; this could be achieved by
selective collection of crystal cells based on their distinctive features, such as the possession
of a birefringent crystal, and perhaps lower buoyancy than other cell types.
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Abstract: To continue the investigation on the digestive system of polyplacophoran molluscs, a
histological and ultrastructural study of the oesophagus, stomach and intestine of Chaetopleura
angulata and Acanthochitona fascicularis was carried out. Stomach content examination revealed an
omnivorous diet. In both species the epithelium of the whole digestive tract consisted mostly of
elongated absorptive cells with an apical border of microvilli. Cilia were also frequently present.
Mitochondria and electron-dense lysosomes were the prominent organelles in the region above the
nucleus. The basal region was characterised by an association of mitochondria, peroxisomes and lipid
droplets. In general, glycogen deposits were also abundant in absorptive cells. The ultrastructural
features indicate that the absorptive cells of the digestive tract epithelium are involved in endocytosis,
intracellular digestion and storage of reserves. Histochemical techniques showed that the secretory
cells of the digestive tract contained proteins and polysaccharides in their secretory vesicles. The
secretory cells with vesicles of low electron density were classified as mucous cells, and the ones with
electron-dense vesicles were designated basophilic cells due to their staining by basic dyes in light
microscopy. Additionally, basal cells that seem to correspond to enteroendocrine cells containing oval
electron-dense vesicles were found along the digestive tract epithelium of both species. The thin outer
layer of the digestive tract wall consisted of muscle cells and nerves embedded in connective tissue.

Keywords: oesophagus; stomach; intestine; electron microscopy; histochemistry; Polyplacophora

1. Introduction

Polyplacophorans, commonly known as chitons, are benthic marine molluscs charac-
terized by their eight articulated dorsal shell plates surrounded by a flexible marginal girdle,
which allows them to curl into a ball. This class of molluscs comprises approximately a
thousand extant species, many of them living on rocky shores and others in deeper ocean
floors [1–4]. The digestive system of chitons was described in classical articles [5], but very
few studies were specifically dedicated to this subject in the last decades [6–9]. Moreover,
the ultrastructure of the digestive tract was not previously investigated in these molluscs.

Most chitons are grazers that scrape hard surfaces in order to collect the algae and
invertebrates included in their diets [8,10–12]. Others are ambush predators [13] or feed
on sunken wood [14]. The broad and long radula used for feeding contains numerous
hard teeth mineralised with magnetite and hydroxyapatite. It is formed within the radular
sac that can extend back from the buccal cavity to approximately one third of the animal
length [1,15]. Beneath the radular sac lies the subradular sac with a mucus-secreting epithe-
lium. A bilobed subradular organ located dorsally near the distal end of the subradular
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sac is lined by an epithelium mainly formed by cells with an apical microvillous border,
containing electron-dense vesicles in the cytoplasm. Ciliated cells and some mucous cells
are also present, and the dense innervation at the base of the epithelium suggests that the
subradular organ has a chemosensory function [16].

Among chitons, a pair of small glands that have been called salivary glands are formed
by large mucous cells interspersed with smaller wedge-shaped cells, but they were never
studied by electron microscopy. In Acanthochitona crinita, Cryptochiton stelleri and Stenoplax
magdalenensis these glands are branched and linked to the buccal cavity through very short
ducts. Conversely, in Lepidochitona cinerea, a small size species, they are a simple sac opening
directly into dorso-lateral buccal pouches [5]. The oesophagus is relatively short and it
is linked to two large pouches known as “sugar glands” as they contain polysaccharide
digesting enzymes [17]. These glands that were recently investigated by light and electron
microscopy contain secretory cells and absorptive cells with many lysosomes [9]. The
stomach of chitons is large and the gastric epithelium is formed by ciliated and non-ciliated
supporting cells and secretory cells. The stomach is surrounded by branches of the diges-
tive gland that is connected to the stomach by ducts [5,6]. Departing from the stomach, the
long intestine is coiled around the digestive gland. A valve separating the anterior from the
posterior intestine was reported in several species and the intestine ends in a short rectum
with the anus located at the posterior end of the ventral surface of the animal [5,6,18]. How-
ever, despite some anatomical and histological descriptions, much remains to be known
about the digestive tract of these marine molluscs. Thus, to continue the investigation
on the digestive system of polyplacophorans, the oesophagus, stomach and intestine of
Chaetopleura angulata (Spengler, 1797) and Acanthochitona fascicularis (Linnaeus, 1767) were
investigated by light and transmission electron microscopy. Stomach content was also
analysed to obtain some information about the diet of these species.

2. Materials and Methods

2.1. Collection Site, Digestive Tract Content and Measurements

Specimens of Achantochitona fascicularis, 3.0–4.5 cm in length, and Chaetopleura angu-
lata, approximately 6 cm in length, were collected intertidally on Caldeira de Troia beach
(38.49◦ N, 8.89◦ W) at the mouth of the Sado estuary (Portugal) (Figure S1). For histol-
ogy and ultrastructure, live specimens were transported to the laboratory in a container
with local water. Five specimens of each species were used for histological sections and
small segments of the digestive tract, also obtained from 5 specimens, were processed
for semithin and ultrathin sections. For analysis of stomach content, 3 specimens of each
species were dissected at the collection site and their digestive tract was immediately
preserved in 10% formalin made with seawater. In the laboratory the stomach content was
analyzed and photographed under a stereomicroscope and further observations were made
with a light microscope. For length determination, the intestine was carefully removed
from unfixed specimens and measured with a ruler avoiding stretching. Several unfixed
transverse sections of the anterior and posterior intestine without fecal material in the
lumen were photographed under a stereomicroscope and the images were used to evaluate
the intestine diameter. Other measurements were made on photomicrographs of semithin
or ultrathin sections.

2.2. Tissue Processing for Light and Transmission Electron Microscopy

For histological sections, isolated oesophagus, whole stomachs and several segments
of anterior and posterior intestine were fixed for 24 h with Bouin’s solution, dehydrated in
a graded series of ethanol and embedded in paraffin. Additionally, the same procedure
was applied to the entire visceral mass of other specimens. Sections with a thickness of
5 μm were stained with Masson’s trichrome, dehydrated, cleared with xylene and mounted
with Coverquick 2000 medium.

For semithin and ultrathin sections, several samples of oesophagus, stomach, anterior
and posterior intestine were fixed for 2 h at 4 ◦C in 2.5% glutaraldehyde and 4% formalde-
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hyde (obtained from hydrolysis of para-formaldehyde), diluted with 0.4 M cacodylate
buffer pH 7.4 (final buffer concentration 0.28 M). After washing in buffer, samples were
postfixed with 2% osmium tetroxide buffered with cacodylate, dehydrated in increasing
concentrations of ethanol and embedded in epoxy resin (Fluka). For light microscopy
observations semithin sections with a thickness of 2 μm were stained with methylene
blue and azure II. Semithin sections were also used for histochemical stainings. Ultrathin
sections were stained with uranyl acetate for 20 min and lead citrate for 10 min. To enhance
glycogen staining, some ultrathin sections were stained with 2% uranyl acetate for 10 min
after 10 min treatment with a solution of tannic acid at 5% [19]. Ultrathin sections were
observed in a JEOL 100CXII transmission electron microscope.

2.3. Histochemistry

Histological sections of Bouin-fixed samples with a thickness of 5 μm were stained by
the periodic acid–Schiff (PAS) reaction for polysaccharide detection, Alcian blue staining at
pH 1.0 for sulphated acid polysaccharides or Alcian blue at pH 2.5 for carboxylated acid
polysaccharides. For PAS reaction sections were oxidised with 1% periodic acid for 10 min,
washed with water, and stained with Schiff reagent for 20 min. For Alcian blue staining
sections were stained for 30 min in 1% Alcian blue in a HCl solution with pH 1.0 or in acetic
acid for pH 2.5 [20]. Some sections were stained by both PAS reaction and Alcian blue.
Additionally, PAS reaction, Alcian blue staining, tetrazonium coupling reaction for protein
detection and Sudan black staining for lipids were applied to 2 μm thick semithin sections
of epoxy embedded samples. For PAS reaction, semithin sections with resin were treated
with 1% periodic acid for 10 min, washed with water, and stained with Schiff reagent for
20 min. For Alcian blue staining, resin was removed using an alcoholic solution of sodium
ethoxide, prepared by dissolving sodium hydroxide to saturation in absolute ethanol [21].
Subsequently, sections were thoroughly washed in absolute ethanol and water, and stained
for 30 min in 1% Alcian blue solution in acetic acid, for pH 2.5, or in a HCl solution with pH
1.0. For the tetrazonium reaction, semithin sections with resin were treated with a freshly-
prepared 0.2% solution of fast blue salt B in 0.1 M veronal-acetate buffer pH 9.2, for 10 min.
After washing, sections were treated for 15 min with a saturated solution of β-naphthol in
0.1 M veronal-acetate buffer pH 9.2. For Sudan black staining semithin sections with resin
were treated for 10 min with a 0.02% H2O2 solution to remove osmium tetroxide. After
washing in water, sections were stained for 5 min with a saturated solution of Sudan black
in 70% ethanol and washed in 70% ethanol. After washing, semithin sections with resin
were air dried before being mounted with Coverquick 2000 medium. Alcian blue stained
semithin sections without resin were dehydrated and cleared with xylene before mounting.

2.4. Ultrastructural Detection of Arylsulphatase Activity

For detection of the lysosomal enzyme arylsulphatase, small fragments of stomach
and intestine were fixed for 1 h at 4 ◦C in 2.5% glutaraldehyde and 4% formaldehyde
(obtained from hydrolysis of para-formaldehyde), diluted in 0.4 M cacodylate buffer pH 7.4.
After washing in buffer, samples were incubated during 45 min at 35 ◦C in medium con-
taining 40 mM BaCl2 and 25 mM p-nitrocatechol sulfate in 0.2 M acetate buffer pH 5.0 [22].
For control, some tissue fragments were incubated in medium without p-nitrocatechol
sulfate. Post-fixation was carried out for 2 h at room temperature with 1% OsO4 and 1.5%
potassium ferrocyanide in cacodylate buffer. Ultrathin sections were observed without
further staining.

3. Results

3.1. General Morphology and Content of the Digestive Tract

A short oesophagus with an average diameter of 1.4–1.5 mm in Chaetopleura angulata
and 0.9–1.0 mm in Acanthochitona fascicularis linked the buccal cavity to stomach. The large
stomach with a complex shape presented a constriction in which a portion of the digestive
gland was lodged. The long intestine departed from the stomach and formed several
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coils around the digestive gland (Figure 1A,B). In specimens of C. angulata approximately
6 cm long the total intestine length was 17.0–20.0 cm, being 7.0–10.5 cm in A. fascicularis
specimens with a body length of 3.0–4.5 cm. Accordingly, in these species the intestine
length/animal length ratio was in average 3.0 (SD 0.3) and 2.4 (SD 0.3), respectively. In
C. angulata the diameter of the intestine was around 1.3–1.7 mm in the region close to
the stomach and 0.8–1.2 mm for most of its length. In A. fascicularis a short constricted
region with a length of 3.0–4.0 mm formed a valve separating the anterior from the poste-
rior intestine (Figure 1A inset). In this last species, the anterior intestine corresponded to
20–25% of the total intestine length and had a diameter of 1.2–1.4 mm in the largest spec-
imens that were observed, whereas in the posterior intestine the diameter was around
0.7–1.1 mm. In C. angulata a constricted region clearly separating the anterior from the
posterior intestine was not observed, and in this case the first 3–4 cm of intestine (approx-
imately 20% of the total length) were considered to correspond to the anterior intestine.

 

Figure 1. General view of the digestive system. (A) Stereomicroscope view of the digestive system of
A. fascicularis. Inset, narrow segment (arrow) corresponding to the valve between the anterior (ai)
and posterior intestine (pi). (B) Histological section of the digestive system of C. angulata stained by
Masson’s trichrome. dg—digestive gland, in—intestine, op—oesophageal pouches (sugar glands),
st—stomach.

The analysis of the stomach content of C. angulata revealed remains of crustaceans,
a few foraminiferans, diatoms and fragments of multicellular green and red algae

88



J. Mar. Sci. Eng. 2022, 10, 160

(Figure 2A–E). The stomach of A. fascicularis contained mainly fragments of multicel-
lular green and red algae, diatoms and a few foraminiferans among unidentifiable debris
(Figure 2F–I). However, small crustaceans or other invertebrates were not found in the
digestive tract of A. fascicularis.

 

Figure 2. Digestive tract content. (A–E) A caprellid amphipod (A), fragments of other crustaceans
(B), a piece of red algae (C), a diatom (D) and a foraminiferan (E) from the stomach of C. angulata.
(F–I) Fragments of green (F) and red algae (G), a diatom frustule (H) and a foraminiferan (I) from the
stomach of A. fascicularis.
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3.2. Histology and Ultrastructure of the Oesophagus

The oesophagus had ridges created by large differences in epithelial thickness. The
height of this epithelium was very variable, being around 25 μm at the thinner points
between ridges and reaching about 200 μm in some ridges in transverse semithin sections
of the oesophagus of both species. The outer layer of the oesophageal wall consisted of
connective tissue, muscle cells and many nerves, usually with a thickness of 40–60 μm in
C. angulata and 20–30 μm in A. fascicularis (Figure 3A–C). Light microscopy observations
showed that the oesophageal epithelium consisted mostly of very thin and long absorptive
cells with a microvilli border and cilia. In semithin sections stained by methylene blue and
azure II, several blue stained bodies were detectable in the apical region of the absorptive
cells. Osmiophilic lipid droplets were also noticeable in these cells (Figure 3D). The nuclei
were elongated, several of them about 2.5 μm wide and 15 μm long, and in general were
positioned in the central region of the cell.

 

Figure 3. Histology of the oesophagus of A. fascicularis (A) and C. angulata (B–D). (A) Transverse
semithin section of the oesophagus. The epithelium (ep) is surrounded by a layer of connective tissue
with muscular cells and nerves (arrowheads). Methylene blue and azure II staining. (B) Several
nerves (arrowheads) and muscle fibres (arrows) surround the oesophageal epithelium (ep). Masson’s
trichrome staining. (C) Higher magnification view of two nerves (ne) and muscle fibres (mu) below
the oesophageal epithelium (ep). Masson’s trichrome staining. (D) Absorptive cells with a microvilli
border (arrowhead), inclusions in the apical region of the cytoplasm (arrows) and lipid droplets
(li) in a semithin section of the oesophagus stained by methylene blue and azure II. nu—nuclei,
op—oesophageal pouches (sugar glands).
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Two types of secretory cells were identified in the oesophageal epithelium. In A. fascic-
ularis the basophilic secretory vesicles of both cell types presented a dark blue colour in
semithin sections stained by methylene blue and azure II. These secretory vesicles were also
stained by tetrazonium and PAS reactions indicating a secretion rich in both proteins and
polysaccharides (Figure 4A–E). However, in one secretory cell type the vesicles were signif-
icantly larger, most of them with a diameter of 1.0–2.5 μm in semithin sections, whereas in
the other secretory cell type they seldom reached 0.9 μm (Table 1). Additionally, Alcian blue
staining revealed the presence of acid polysaccharides only in the secretion of the cells with
smaller vesicles (Figure 4F), which were designated as basophilic cells with small vesicles.
For distinction, the secretory cells with larger vesicles were designated as basophilic cells
with large vesicles (Table 1). In C. angulata oesophagus, in one cell type the cytoplasm above
the nucleus was filled with a compact mass of secretory vesicles that stained purple-blue
with methylene blue and azure II (Figure 4G). These secretory cells that were classified as
mucous were stained by PAS reaction (Figure 4H) and Alcian blue at pH 1.0 and 2.5, but
staining with the tetrazonium reaction was weaker (Table 1). The other type of secretory
cells in C. angulata oesophagus was characterized by vesicles clearly separated from each
other, reaching 3.0 μm in diameter in semithin sections. Nevertheless, some cells contained
smaller secretory vesicles. These basophilic vesicles stained dark blue with methylene
blue and azure II, and were strongly stained by PAS and tetrazonium reactions in semithin
sections (Figure 4I), but were not stained by Alcian blue. At the bottom of the epithelium,
basal cells were abundant with many small purple vesicles in semithin sections stained
by methylene blue and azure II (Figure 4J), which were also stained by the tetrazonium
coupling reaction (Table 1).

Table 1. Characterization of secretory cells of the digestive tract of C. angulata and A. fascicularis.

Organs Species Cell Types

Diameters of
Secretory

Vesicles (μm)
(1)

PAS Reaction
(Polysaccha-

rides)

Alcian Blue
pH 1.0 and 2.5
(Acid Polysac-

charides)

Tetrazonium
Reaction
(Proteins)

Electron
Density of

Vesicles

Oesophagus

C. angulata Basophilic 1.0–3.0 + + + − + + + High

Mucous 0.3–0.7 + + + + + + + Low

A. fascicularis

Basophilic
with small
vesicles

0.4–0.9 + + + + + + + + High

Basophilic
with large
vesicles

1.0–2.5 + + + − + + + High

Stomach
C. angulata Basophilic 0.4–0.8 + + + − + + + High

A. fascicularis Basophilic 0.6–1.1 + + + − + + + High

Intestine

C. angulata
Basophilic 0.4–0.8 + + + − + + + High

Mucous (2) 0.8–1.8 − + + + − Low or median

A. fascicularis
Basophilic 0.5–1.5 + + + + + + + High

Mucous (3) (undetermined
due to fusion) + + + + + + Low

C. angulata Basal cells
(enteroendocrine) 0.4–1.0 − − + + + High

A. fascicularis Basal cells
(enteroendocrine) 0.2–0.5 − − + + + High

Average stain intensity: − unstained; + weak; + + moderate; + + + strong; (1) Corresponding at least to 95% of the
vesicle diameters in semithin or ultrathin sections; (2) In the valve between the anterior and posterior intestine,
and in the posterior intestine; (3) In the valve between the anterior and posterior intestine.
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Figure 4. Oesophagus of A. fascicularis (A–F) and C. angulata (G–J), in semithin (A–E,G–J) and
histological (F) sections. (A–C) Absorptive cells (asterisks) and basophilic cells with large secretory
vesicles (arrows) in the oesophagus of A. fascicularis stained by methylene blue and azure II (A),
tetrazonium coupling reaction for protein detection (B) and PAS reaction for polysaccharide detection
(C). (D–F). Basophilic cells with small secretory vesicles (arrows) in the oesophagus of A. fascicularis
stained by methylene blue and azure II (D), PAS reaction (E) and Alcian blue for acid polysaccharide
detection (F). (G,H) Mucous cells (arrows) in the oesophagus of C. angulata stained by methylene
blue and azure II (G) and PAS reaction (H). (I) Basophilic cell with large secretory vesicles (arrows)
in the oesophagus of C. angulata stained by the tetrazonium coupling reaction. (J) Basal cells of the
oesophagus with purple vesicles (arrowheads) in a section stained with methylene blue and azure II.
ct—connective tissue, li—lipid droplets, nu—nuclei.
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The absorptive ciliated cells of the oesophagus were ultrastructurally similar in both
species. Several mitochondria, vesicles and some multivesicular bodies occurred in the
most apical portion of the cytoplasm. In these cells, the electron-dense lysosomes were the
prominent features in the cytoplasm above the elongated nucleus (Figure 5A). The vast
majority of these lysosomes had diameters of 0.5–2.0 μm in ultrathin sections, and a few
largest ones presented diameters up to 3.5 μm. These organelles correspond to the blue
inclusions observed by light microscopy in semithin sections stained with methylene blue
and azure II. Some mitochondria, lipid droplets, Golgi stacks and endoplasmic reticulum
cisternae were present in the middle of these cells. Conversely, the most basal region was
characterized by a large accumulation of mitochondria associated with peroxisomes and
some lipid droplets (Figure 5B). Crystalline cores were absent in the peroxisomes that had
diameters of 0.3–0.6 μm in ultrathin sections. Deep cell membrane invaginations were
another feature of the basal region of absorptive cells. In the oesophagus of C. angulata the
basophilic cells contained round electron-dense secretory vesicles and the flattened cister-
nae of rough endoplasmic reticulum filled a considerable part of the cytoplasm around the
secretory vesicles (Figure 5C). The Golgi stack cisternae and associated vesicles contained
electron-dense substances, although not so electron-dense as the mature secretory vesicles
(Figure 5D). On the other hand, in mucous cells the secretory vesicles were closely aggre-
gated and many had fused forming vacuoles of diverse sizes filling most of the cytoplasm.
These vesicles had an electron-dense spot and filaments embedded in a matrix of lower
electron density (Figure 5E). In these cells the cisternae of rough endoplasmic reticulum
were dilated and the Golgi stacks cisternae had an electron-lucent content (Figure 5F). In
A. fascicularis both types of secretory cells contained electron-dense vesicles, the difference
residing in vesicle diameter as observed with the light microscope (Table 1). An additional
difference was found in the rough endoplasmic reticulum of these cells. The ones with
the smaller secretory vesicles contained dilated cisternae, whereas in the cells with larger
vesicles the cisternae were mostly flattened (Figure 6A,B). In both species, basal cells with
round and oval electron-dense vesicles in a clear cytoplasm were frequently found in
ultrathin sections of the oesophageal epithelium. However, in average the vesicles of basal
cells were larger in C. angulata (Table 1). The cytoplasmic extensions of these cells were
intertwined with the basal region of the absorptive cells, but a few basal cells with a long
apical process were also observed (Figure 6C,D). However, it was not possible to see if these
apical processes reached the lumen of the oesophagus. The outer layer of the oesophageal
wall included smooth muscle cells and many nerves containing several axons and some
glial cells, embedded in the connective tissue matrix (Figure 6D).

3.3. Histology and Ultrastructure of the Stomach

The stomach epithelium was identical in both species, being mainly formed by elon-
gated absorptive cells with a central nucleus (Figure 7A,B). Epithelial height measured in
semithin sections ranged mostly from about 40 μm at the thinner points between ridges
to near 100 μm in thicker ridges, without significant differences detect between the two
species. A layer of connective tissue, muscle fibres and some nerves formed the outer layer
of the stomach wall usually with a thickness of 15–25 μm in C. angulata (Figure 7A) and
5–15 μm in A. fascicularis. With the light microscope only one type of secretory cells could
be recognized in this epithelium, looking similar in both species. Their basophilic secretory
vesicles stained dark blue with methylene blue and azure II, and were also strongly stained
by PAS and tetrazonium reactions, but were not stained by Alcian blue (Figure 7B–F)
(Table 1). Additionally, the microvilli layer covering the absorptive cells was stained by the
PAS reaction in A. fascicularis (Figure 7E). As in the oesophagus, basal cells were present
in the epithelium and their vesicles were stained by the tetrazonium coupling reaction for
protein detection (Figure 7G).
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Figure 5. Ultrastructure of the oesophagus in C. angulata (A,C–F) and A. fascicularis (B). (A) Ciliated
absorptive cells with several mitochondria (arrowheads) and lysosomes (arrows) in the apical cy-
toplasm. (B) Mitochondria (mi), peroxisomes (px) and lipid droplets (li) in the basal region of an
absorptive cell. (C) Basophilic cell with electron-dense secretory vesicles (asterisks) and flattened
cisternae of rough endoplasmic reticulum (arrows). (D) Golgi stack (Gs) and associated vesicles
(arrowheads) with a content less electron-dense than the mature secretory vesicles (arrows) in a
basophilic cell. (E) In mucus-secreting cells vesicles contained an electron-dense spot (arrows) and
filaments (arrowheads). (F) Golgi stack (Gs) and dilated cisternae of rough endoplasmic reticulum
(rer) in a mucus-secreting cell. Vesicle fusion created vacuoles with secretory products (asterisk).
ci—cilium, nu—nucleus, rer—rough endoplasmic reticulum.
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Figure 6. Ultrastructure of the oesophagus in A. fascicularis. (A) Basophilic cell with small electron-
dense secretory vesicles (asterisks), dilated rough endoplasmic reticulum cisternae (rer) and a Golgi
stack (Gs). (B) Basophilic cell with large electron-dense secretory vesicles (asterisks), flattened rough
endoplasmic reticulum cisternae (rer) and Golgi stacks (Gs). (C) Basal cell with a long apical process
(asterisks). (D) Basal region of the epithelium with basal cells containing electron-dense secretory
vesicles (arrows). Many mitochondria (mi) are visible in the basal region of the absorptive cells.
Muscle cells (mc) and a nerve section with several axons (ax) and a glial cell (asterisks) can be seen
below the epithelium. ct—connective tissue matrix, nu—nuclei.
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Figure 7. Stomach of C. angulata (A–D,F,G) and A. fascicularis (E) in histological (A) and semithin
(B–G) sections. (A) Stomach wall stained by Masson’s trichrome. A transverse section of a nerve
(arrow) is visible below the epithelium (ep). (B–D) Absorptive cells (asterisks) and basophilic
secretory cells (arrows) in the stomach of C. angulata stained by methylene blue and azure II (B),
tetrazonium coupling reaction (C) and PAS reaction (D). (E) Secretory cells stained by PAS reaction
(arrows) and absorptive cells (asterisks) in the stomach of A. fascicularis. The microvillous border is
also stained (arrowheads). (F) Secretory cell (arrow) unstained by Alcian blue. (G) Basal cells (arrows)
with vesicles stained by the tetrazonium coupling reaction. ct—connective tissue, mv—microvilli,
mu—muscle fibres, nu—nuclei.
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Transmission electron microscopy revealed the microvilli border of the stomach ab-
sorptive cells, but only some of them were ciliated. Vesicles, multivesicular bodies and
many mitochondria were also observed in the apical region (Figure 8A). Lysosomes with
variable sizes were abundant in the cytoplasm above the nucleus, and were stained with
the electron-dense product of arylsulphatase detection (Figure 8B). Most lysosomes had
diameters of 0.5–2.5 μm in ultrathin sections, but the largest ones that were found reached
5 μm. Some Golgi stacks and endoplasmic reticulum cisternae were also present. Glycogen
deposits were abundant in most cells (Figure 8C), and especially in the basal region many
peroxisomes were observed near mitochondria and lipid droplets. The peroxisomes of the
stomach epithelium with 0.4–0.8 μm in diameter in ultrathin sections contained electron-
dense inclusions in the matrix (Figure 8D). Deep cell membrane invaginations occurred in
the basal region of the absorptive cells. The ultrastructural features of stomach secretory
cells were identical in both species. Numerous electron-dense secretory vesicles occurred
in the cytoplasm above the nucleus, with a tendency towards slightly larger vesicles in
A. fascicularis (Table 1). Extensive Golgi stacks formed by cisternae with an electron-dense
content and a great number of rough endoplasmic reticulum cisternae were other features
of these cells (Figure 9A,B). Basal cells with oval electron-dense vesicles, identical to the
basal cells of the oesophagus, were abundant in the stomach epithelium and in some
ultrathin sections it was possible to observe close contact between nerves and basal cells
(Figure 9C). A few intraepithelial neurons with a large round nucleus and many small
electron-dense vesicles in the cytoplasm were also observed at the base of the stomach
epithelium (Figure 9D).

3.4. Histology and Ultrastructure of the Intestine

Light microscopy observations of the intestine of both species revealed an epithelium
with a wavy apical surface caused by differences in cell height. The intestinal epithelium
ranged in height mostly between 40 μm and 100 μm and was largely formed by ciliated
columnar absorptive cells (Figure 10A,B). The amount and intracellular distribution of
lipid droplets in intestinal epithelial cells were variable, but numerous lipid droplets
were frequently concentrated in the basal region of the absorptive cells (Figure 10C).
Basophilic secretory cells containing small dark blue vesicles in semithin sections stained
by methylene blue and azure II were present in the anterior intestine of both species
(Figure 10D,E). Secretory cells in the anterior portion of C. angulata intestine were strongly
stained by tetrazonium and PAS reactions (Figure 10F,G), but not by Alcian blue. On
the other hand, in the anterior intestine of A. fascicularis secretory cells were stained by
Alcian blue (Figure 10H) as well as by PAS and tetrazonium reactions (Table 1). In the
valve between the anterior and posterior intestine of A. fascicularis the tall epithelial ridges
further reduce the luminal space in this short narrow segment of the intestine (Figure 11A).
Mucus-secreting cells with a basal nucleus were very abundant in the valve epithelium,
alternating with very thin ciliated cells with a more apically located nucleus. This difference
in the position of nuclei was more evident in thicker zones of the epithelium, in which two
levels of nuclei were clearly visible (Figure 11A,B). In these mucous cells individualised
secretory vesicles could not be recognized by light microscopy. Instead, a large mass of
secretion moderately stained by methylene blue and azure II filled the cytoplasm. Most
were strongly stained by PAS reaction (Figure 11C), but staining of histological sections
with both PAS reaction and Alcian blue revealed heterogeneity among these mucous cells.
Some were stained only by PAS reaction, others mainly by Alcian blue and still others
showed double staining (Figure 11D). Secretion in these cells was weakly stained by the
tetrazonium coupling reaction indicating a low protein content (Figure 11E). Secretory cells
were rarely found in the posterior intestine of A. fascicularis, and were of the basophilic
type as in the anterior intestine of this species. In C. angulata a very large number mucus-
secreting cells strongly stained by Alcian blue were present in a short segment of the
intestine that could correspond to the valve of A. fascicularis intestine. In the posterior
intestine of C. angulata mucous cells were found in low numbers. These cells had a basal
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nucleus and contained numerous vesicles unstained by methylene blue and azure II in
semithin sections (Figure 11F). These secretory vesicles were strongly stained by Alcian
blue (Figure 11G), but not at all by tetrazonium (Figure 11H) or PAS reactions (Table 1).
Additionally, some basophilic cells were found in the posterior intestine of C. angulata.
Basal cells were also observed in the intestinal epithelium of both species (Figure 10D).
The outer layer of the intestine wall consisting of connective tissue, muscle cells and some
nerves in general had a thickness of 15–25 μm, but only 5–15 μm in the posterior intestine
of A. fascicularis.

 

Figure 8. Ultrastructure of stomach absorptive cells in C. angulata (A,B) and A. fascicularis (C,D).
(A) Apical region of the epithelium with a border of cilia (arrows) and microvilli (mv). Lysosomes
(ly) and mitochondria (arrowheads) are abundant in the cytoplasm above the nucleus. (B) Lysosomes
(ly) with electron-dense deposits (asterisks) resulting from arylsulphatase detection. (C) Glycogen
deposits (gl) and lipid droplets (li) in the cytoplasm below the nucleus (nu). Ultrathin section stained
with tannic acid and uranyl acetate. (D) Peroxisomes (px) in association with mitochondria (mi) and
a lipid droplet (li).
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Figure 9. Ultrastructure of the stomach in A. fascicularis (A) and C. angulata (B–D). (A) Electron-dense
vesicles (asterisks) in the apical region of a basophilic secretory cell. (B) Golgi stacks (Gs) and rough
endoplasmic reticulum cisternae (rer) in a basophilic secretory cell containing electron-dense vesicles
(asterisks). (C) Basal cell with electron-dense vesicles (arrows) in connection with a nerve terminal
(ne). (D) Intraepithelial neuron with a large number of small vesicles (ve) in the cytoplasm. Basal
cells with the electron-dense secretory vesicles (arrows) are visible around the neuron. bl—basal
lamina, li—lipid droplets, mi—mitochondria, nu—nuclei.
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Figure 10. Intestine C. angulata (A–D,F,G) and A. fascicularis (E,H) in histological (A,B,H) and
semithin (C–G) sections. (A,B) Transverse sections of the intestine stained by Masson’s trichrome.
The epithelium is covered by cilia (arrows in (B)). ((C), inset) Lipid droplets stained by Sudan black
in the posterior intestine. Most lipid droplets (asterisks) are concentrated in the basal region of
the absorptive cells. (D) Basophilic secretory cells (arrows), absorptive cells (asterisks) and basal
cells (arrowheads) in the anterior intestine of C. angulata. Methylene blue and azure II staining.
(E) Basophilic secretory cells (arrows) and absorptive cells (asterisk) in the anterior intestine of
A. fascicularis. Methylene blue and azure II staining. (F,G) Secretory cells (arrows) stained by
tetrazonium reaction (F) and PAS reaction (G) in the anterior intestine of C. angulata. (H) Secretory
cells (arrows) stained by Alcian blue in the anterior intestine of A. fascicularis. dg—digestive gland,
nu—nuclei.
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Figure 11. Intestine of A. fascicularis (A–E) and C. angulata (F–H) in histological (A,B,D,G) and
semithin (C,E,F,H) sections. (A,B) Longitudinal (parasagittal) section of the valve between the
anterior and posterior intestine of A. fascicularis stained by Masson’s trichrome. The basal row of
nuclei correspond to the nuclei of mucus-secreting cells (arrowheads) and the nuclei in the upper
row belong to absorptive ciliated cells (arrows). (C) Transverse section of the valve with the mucus-
secreting cells strongly stained by PAS reaction. (D) In the valve epithelium some mucus-secreting
cell were stained only by PAS reaction (arrows), others mostly by Alcian blue (arrowheads) and still
other were stained by both (open arrow). (E) Mucus-secreting cells of the valve (arrows) weakly
stained by the tetrazonium coupling reaction. (F–H) Mucus-secreting cells (arrows) in the posterior
intestine of C. angulata, unstained by methylene blue and azure II (F), strongly stained by Alcian
blue (G) and unstained by the tetrazonium coupling reaction (H). The basal lamina is stained by PAS
reaction (arrowheads in G). nu—nuclei.
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As in other parts of the digestive tract, the absorptive cells of the intestine presented
ultrastructural evidence of endocytic activity and intracellular digestion, namely, cell mem-
brane pits, multivesicular bodies and lysosomes (Figure 12A–C). In A. fascicularis short
cisternae with electron-dense content were present in the cytoplasm beneath the cell mem-
brane, which were probably also related with endocytosis because a similar electron-dense
content was found in multivesicular bodies (Figure 12A,B). In intestinal absorptive cells
of both species mitochondria were abundant in the apical region in association with some
peroxisomes. Lysosomes with electron-dense content were prominent in the cytoplasm
above the nucleus and most had a diameter around 0.5–2.0 μm (Figure 12C), with the
largest ones that were observed attaining about 3 μm in diameter. The detection of arylsul-
phatase activity in these organelles confirmed that they are active lysosomes. Deposits of
glycogen granules were also present. Mainly in the posterior intestine, several peroxisomes
were observed in association with large amounts of lipid droplets and mitochondria in
the cytoplasm below the nucleus. These peroxisomes presented a granular matrix without
cores (Figure 12D), and most had diameters of 0.5–1.5 μm in ultrathin sections.

 

Figure 12. Ultrastructure of intestinal absorptive cells in A. fascicularis (A,B,D) and C. angulata
(C). (A,B) A cell membrane pit (arrow), several mitochondria (mi), cisternae with electron-dense
content (arrowheads) and multivesicular bodies (asterisks) in the apical region of absorptive cells.
(C) Electron-dense lysosomes (ly) in the cytoplasm above de nucleus. (D) Several large peroxisomes
(px) associated with lipid droplets (li) and mitochondria (mi) in the cytoplasm below the nucleus
(nu). mi—mitochondria, mv—microvilli, nu—nucleus.
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In both species, the secretory cells of the anterior intestine contained a large num-
ber of electron-dense vesicles (Figure 13A) with a tendency towards larger diameters in
A. fascicularis (Table 1). These cells were rich in rough endoplasmic reticulum cisternae and
the cisternae of their Golgi stacks had an electron-dense content (Figure 13B). In the valve
between the anterior and posterior intestine of A. fascicularis, the mucus-secreting cells
contained an accumulation of partially fused vesicles with flocculent material in an electron-
lucent background, dilated rough endoplasmic reticulum cisternae and long Golgi stacks
(Figure 13C,D). In the posterior intestine of C. angulata the cytoplasm of the mucus-secreting
cells was almost entirely filled by round vesicles with low or median electron density. A
few rough endoplasmic reticulum cisternae were present between the secretory vesicles
(Figigue 14A). Some secretory cells with electron-dense secretory vesicles were also found
in the posterior intestine of A. fascicularis (Figure 14B). However, in these secretory cells
dome-shaped mitochondria (ring-shaped in some ultrathin sections) were frequently seen
surrounding dilated rough endoplasmic reticulum cisternae (Figure 14C). This peculiar
association between mitochondria and rough endoplasmic reticulum cisternae was not
observed in any other cells of both species. Basal cells of the intestinal epithelium exhibited
the same ultrastructural features and association with nerves observed in the oesophagus
and stomach (Figure 14D).

 

Figure 13. Ultrastructure of intestinal secretory cells in C. angulata (A,B) and A. fascicularis (C,D).
(A,B) Electron-dense vesicles (asterisks), rough endoplasmic reticulum cisternae (rer) and Golgi stacks
(Gs) in basophilic secretory cells of the anterior intestine. (C,D) Mucous cells of the valve between
the anterior and posterior intestine in A. fascicularis with partially fused secretory vesicles (asterisks).
These cells contain dilated rough endoplasmic reticulum cisternae (rer) and long Golgi stacks (Gs).
nu—nucleus.
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Figure 14. Ultrastructure of the posterior intestine in C. angulata (A) and A. fascicularis (B–D).
(A) Mucus-secreting cell with vesicles of low and median electron density (asterisks) and a few
rough endoplasmic reticulum cisternae (arrowheads). (B) Apical region of a narrow basophilic cell
with electron-dense secretory vesicles (asterisks). (C) Electron-dense vesicles (asterisks), rough en-
doplasmic reticulum cisternae (rer), Golgi stacks (Gs) and a mitochondrion with a ring-shaped
section (arrow) surrounding a portion of endoplasmic reticulum in a basophilic secretory cell.
(D) Basal cells with oval electron-dense vesicles (arrows) around an intraepithelial nerve termi-
nal (ne). ct—connective tissue, ly—lysosome, mi—mitochondria, nu—nucleus.

4. Discussion

This article presents the results of the first histochemical and ultrastructural inves-
tigation of the oesophagus, stomach and intestine of chitons. The species Chaetopleura
angulata and Acanthochitona fascicularis were chosen for this propose because they were
previously employed for the study of the oesophageal pouches [9]. Both species occur
intertidally on the Portuguese coast and are common at the collection site. They belong,
respectively, to the families Chaetopleuridae (suborder Chitonina) and Acanthochitonidae
(suborder Acanthochitonina) of the order Chitonida that comprises around 80% of the
living species of chitons [23]. The stomach content of the two species revealed a diversified
omnivorous diet, supporting the growing evidence that in general intertidal chitons are
omnivorous [11,12]. Previous reports indicated the consumption of barnacles by C. angulata
and based on that information the species was classified as carnivorous [24], but the present
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results clearly show that it is omnivorous. The ingestion of small crustaceans by C. angulata
was confirmed, but remains of invertebrates were not found in the digestive tract of A. fasci-
cularis. Although substantial amounts of unidentifiable residues were present, algae largely
predominated in the stomach content of the A. fascicularis specimens that were analysed.
Additionally, the intestine-body length ratios of the species included in this study (2.4–3.0)
fit well within the ratios found for other omnivorous chitons [8].

The digestive process is still much less studied in polyplacophorans than in gas-
tropods, bivalves or cephalopods [25]. Nevertheless, it is recognized that digestion in
polyplacophorans follows the general pattern known for other molluscs, starting in the
lumen of the digestive tract with secreted enzymes and ending intracellularly in lysosomes.
As in other chitons [5] and generally in molluscs [26], the digestive tract epithelium in
C. angulata and A. fascicularis consists of ciliated and non-ciliated columnar absorptive cells
and secretory cells. The observation of cell membrane pits, vesicles and multivesicular
bodies, which belong to the endolysosomal system [27], are indicative of endocytosis in the
apical region of absorptive cells as experimentally demonstrated in other molluscs [28–30].
By this process, ultrafine nutritive particles resulting from extracellular digestion in the
digestive tract lumen are introduce in the absorptive cells to be digested in lysosomes [31],
which are abundant organelles in the entire digestive tract epithelium of these two species
of chitons, as well as in their oesophageal pouches [9]. Additionally, small molecules such
as simple sugars and amino acids can be absorbed directly through the cell membrane
of the microvilli border of the digestive tract epithelium, as demonstrated in other mol-
luscs [28,29,32]. Although in molluscs the digestive gland is considered the main site of
nutrient absorption, intracellular digestion and storage of reserves, these functions are
shared with epithelial cells of the digestive tract [26]. Mitochondria were particularly abun-
dant in the apical and basal regions of absorptive cells. In the apical region, these organelles
must be required to supply energy for ciliary motion and endocytosis. The concentration
of mitochondria in the basal region of the digestive tract epithelium also denotes a need for
high ATP production in this region, naturally required for active transport of metabolites
and ions across the basal cell membrane. Moreover, the required energy can be obtained
from glycogen and lipid reserves that are present in absorptive cells. The association of
lipid droplets with peroxisomes mainly at the basal region of absorptive cells suggests
the use of fatty acids to produce acetyl-CoA through peroxisomal β-oxidation, in order to
fuel the citric acid cycle in nearby mitochondria and ultimately produce ATP [33]. Data
are not available for polyplacophorans, but fatty acid β-oxidation is a standard metabolic
pathway of peroxisomes [34]. Enzymes of this pathway were detected in mussel peroxi-
somes [35,36] and should also be present in digestive system of other molluscs. Although
not always present, electron-dense crystalline cores are common in peroxisomes of molluscs
and other taxa [37–39], and were found in peroxisomes of absorptive cells in A. fascicularis
oesophageal pouches [9] and in peroxisomes of chiton digestive gland [7]. However, cores
were not seen in digestive tract peroxisomes of A. fascicularis and C. angulata, in which
only some electron-dense spots were observed in the peroxisomal matrix. In molluscs,
peroxisomes are usually larger and more abundant in the digestive gland [7,37–39]. Per-
oxisomes not exciding 0.5 μm in diameter closely associated with mitochondria and lipid
droplets were reported in digestive tract epithelial cell of gastropods [40–43]. However,
in the intestine of A. fascicularis and C. angulata peroxisomes are larger and numerous,
denoting a higher importance of peroxisomal metabolism in these cells where lipid reserves
are often abundant.

Though the absorptive cells of the digestive tract epithelium were found to be similar
in these two species of chitons, some differences were detected in their secretory cells.
Secretory cells in the digestive tract of A. fascicularis and C. angulata can be divided in two
main categories: basophilic and mucous. Cells containing secretory vesicles with high
electron density when observed by transmission electron microscopy and displaying a dark
blue colour in semithin sections stained by methylene blue and azure II were designated
as basophilic cells. This designation is applied to the secretory cells of the digestive
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gland responsible for secretion of enzymes for extracellular digestion in molluscs [26],
and was also used for one type of secretory cells of the glandular oesophageal pouches of
chitons that could as well be responsible for secretion of digestive enzymes [9]. These cells
containing electron-dense secretory vesicles with a high protein concentration are rich in
rough endoplasmic reticulum cisternae and could be considered serous cells [44]. However,
the histochemical methods indicate that the secretory vesicles of chiton basophilic cells
are also rich in polysaccharides, and in some cases including acidic polysaccharides that
are more typical of mucus-secreting cells. Secretory cells with serous features were also
found in the digestive tract of other molluscs, and although precise knowledge about
their functions are still lacking they could be responsible for secretion of some digestive
enzymes [45–48]. In alternative, it was also suggested that intestinal secretory cells could
produce a proteinaceous cement to coat the faecal rods with a protective layer to prevent
their disintegration [32]. Mucous cells typically contain secretory vesicles with low electron-
density rich in acid polysaccharides [49]. Mucous cells are abundant in the digestive
tract of several herbivorous gastropods [43,45,48,50,51] and in the oesophageal pouches
of A. fascicularis and C. angulata [9]. However, cells of this type were not common in the
digestive tract of these two chiton species, except in the intestinal valve where mucous
cells were very abundant. Mucous secretion can protect the digestive tract epithelium and
agglutinate particles. It is also known that mucin MUC2 secreted by vertebrate intestinal
goblet cells is a highly glycosylated glycoprotein with immunoregulatory functions [52].
Thus, secretion of glycoproteins with defensive and regulatory activities is another possible
function for the intestinal secretory cells of chitons and other molluscs. Therefore, without
further knowledge about the precise physiological role of the different secretory cell types
found in the digestive tract of chitons and other molluscs it is not possible to evaluate the
full meaning of the histological differences concerning these cells.

The basal cells that were observed throughout the digestive tract epithelium of C. angu-
lata and A. fascicularis presented histological and ultrastructural features of enteroendocrine
cells, namely, clear cytoplasm and basally located electron-dense secretory vesicles (also
called secretory granules) [53,54]. Morphologically identical basal cells were recently re-
ported in the oesophageal pouches of these two chitons species [9]. However, these cells
that are detectable in semithin sections were not mentioned in earlier histological studies
of polyplacophoran digestive system [5], probably because they are not evident in clas-
sical histological sections. Enteroendocrine cells occur along the digestive tract of both
vertebrates and invertebrates, and produce peptidic hormones that are accumulated in
secretory vesicles ready to be released at the base of the epithelium in response to specific
stimuli [55,56]. Hence, the histochemical detection of proteic substances in the vesicles of
chiton basal cells by the tetrazonium coupling reaction is compatible with the production
and storage of peptidic hormones in these cells. The presence of endocrine cells in the diges-
tive tract epithelium of gastropods and bivalves was confirmed by immunostaining with
antibodies against vertebrate peptidic hormones such as insulin, gastrin, somatostatin and
glucagon [46,57–59]. More recently, insulin related peptides were identified and sequenced
in some molluscs and other invertebrates [60]. Therefore, similar hormones should also be
produced by the enteroendocrine cells of polyplacophorans for metabolic regulation. In the
digestive tract of gastropods and bivalves enteroendocrine cells are isolated and scattered
in the epithelium [43,46,57,59,61]. In mammals these cells are also rare and dispersed,
corresponding to less than 1% of the total epithelial cells of the intestine [56,62]. Conversely,
the enteroendocrine-like basal cells are numerous in the entire digestive tract of chitons,
forming a distinct layer at the base of the epithelium. Since contact of these cells with the
digestive tract lumen was not observed, at least most of them must be enteroendocrine cells
of the closed type. Enteroendocrine cells of the open type reach the digestive tract lumen
and can release hormones in direct response to the molecules present in the lumen, whereas
enteroendocrine cells of close type are believed to be indirectly activated by those chemical
stimuli [55]. In the intestine of the freshwater snail Planorbarius corneus and the sea hare
Aplysia depilans the enteroendocrine cells also appear to be isolated from the lumen [43,46].
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However, in the land snail Helix aspersa and in freshwater bivalves the apical process
of the enteroendocrine cells reached the lumen of the intestine [57,61]. In the intestine
of the gastropod Vivaparus ater both close and open types of enteroendocrine cells were
reported [59]. Another important aspect is the connection between the enteroendocrine
cells and nerves, which was frequently observed along the digestive tract of C. angulata and
A. fascicularis, as in other molluscs [43,46,61]. Due to these connections, enteroendocrine
cells are a fundamental component of a neuroepithelial circuit that provides an interaction
between the digestive tract and the nervous system [63].

The main histological differences between the digestive tract of C. angulata and A. fas-
cicularis concern the secretory cells. These histological differences could be related to diet
or being due to the taxonomic distance between these species that belong to different sub-
orders. Although both species included in this study consume foraminiferans, unicellular
and multicellular algae, remains of crustaceans were found only in the stomach of C. an-
gulata. However, without data on other chiton species with similar and distinct diets it is
premature to establish a correlation between feeding habits and digestive system histology.
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(D) on roof tiles that were dumped in large amounts at the collection site and are now colonized by
intertidal species.
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Abstract: Eunicida is a taxon of marine annelids currently comprising the taxa Eunicidae, Onuphidae,
Dorvilleidae, Oenonidae, Lumbrineridae, Histriobdellidae and Hartmaniella. Most representatives
are highly mobile hunters sharing the presence of a sophisticated nervous system but differ in
the number and shape of prostomial sensory organs (0–3 antennae; 0 or 2 palps; 0, 2 or 4 (+2)
buccal lips; 0, 2 or 4 eyes; single-grooved or paired nuchal organs). This makes Eunicida an ideal
model to study the following questions: Is the brain morphology affected by different specificities
of prostomial sensory organs? Do similar numbers and shapes of prostomial sensory organs hint
at close phylogenetic relationships among different eunicidan taxa? How can antennae, palps and
buccal lips be differentiated? For the investigation of sensory organs and the nervous system, we
performed immunohistochemistry, μCT, TEM, SEM, paraffin histology and semi-thin sectioning. Our
results show that brain anatomy is mostly affected on a microanatomical level by sensory organs and
that similar specificities of sensory organs support the latest phylogenetic relationships of Eunicida.
Further, a reduction of antennae in Eunicida can be suggested and hypotheses about the presence of
sensory organs in the stem species of Eunicida are made.

Keywords: neuropil; nerve; reduction; nuchal organ; antenna; palp; eye; histology; electron
microscopy

1. Introduction

Eunicida currently comprises over 1000 species in the major taxa Eunicidae (Berthold,
1827), Onuphidae (Kinberg, 1865), Dorvilleidae (Chamberlin, 1919), Oenonidae (Kinberg,
1865), and Lumbrineridae (Schmarda, 1861) and the two minor subtaxa Histriobdellidae
(Claus and Moquin-Tandon, 1884) and Hartmaniella (Imajima, 1977) [1–6]. Fossils date
Eunicida back to the late Cambrian [6–9], underlining the great diversification this clade
encountered over time [7]. All members of Eunicida are exclusively marine, conquering
habitats ranging from shallow coastal lines to deep sea areas [7]. Most representatives of
Eunicida have a predatory lifestyle: they hunt their prey actively down with their complex
jaw apparatus [6,8,10]. Interaction with the environment and perception of chemical cues
are performed by a set of diverse sensory organs such as head appendages (antennae and
palps), buccal lips, pigment cup-shaped cerebral eyes, nuchal organs and lateral organs.
The number of head appendages and eyes shows extreme variation between the different
families of Eunicida and becomes visible even on the family level [3,5,11,12]: members
of the family Eunicidae for example comprise species bearing five, three or one head
appendage(s) and one pair of eyes, while members of the family Lumbrineridae lack head
appendages as well as eyes completely. In between these extremes, diverse species-specific
combinations of prostomial sensory organs are present.

All eunicidan prostomial sensory organs are innervated by nerves originating in the
brain neuropil [11,13,14]. The brain is located in the prostomium and constitutes the central
nervous system together with the circumoesophageal connectives and the ventral nervous
system [10,13,15]. In the brain, neurites are frequently arranged in bundles with certain
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orientations, termed tracts or commissures [11,13,14,16]. Tracts and commissures serve as
connectors, e.g., between nerves innervating sensory organs, so that different neuronal
innervation patterns may become apparent among brains of different eunicidan taxa.

Since the 19th century, scientists have tried to describe the variety of head appendages
in Eunicida using a set of different terms. Over time, the terminology changed according
to new insights (homology hypotheses) and the application of new techniques (cLSM). A
selection of these terms is given in Table S2. If compared to the latest nomenclature used,
there is a historical consensus in terming the median and lateral antennae as “antennae”.
Solely the studies of Monro [17] and Aiyar [18] are an exception to this in using the
term “tentacle”.

Historical nomenclature of structures nowadays accepted as palps passed through
greater changes. Many authors—former and present ones—use the term “antennae” to
describe palps. Presumably led by the stunning same outer morphology of antennae and
palps in most eunicidan taxa on the one-hand side (e.g., Figure 1) and prominent differences
of eunicidan palps with, e.g., feeding and sensory palps of other annelid taxa on the other.
With the advance of confocal laser scanning microscopy and generally improved imaging
methods, the idea of differentiation by innervation patterns was put forward. Since palps
in all annelid taxa are innervated by both the drcc and the vrcc and their commissures,
this criterium served as defining feature for palps in Eunicida for the first time in the
study of Orrhage and Müller [13]. Interestingly, former authors such as Hanström [12],
Fauchald [19] and Fauchald and Rouse [20] used the term “palp” prior to this definition for
head appendages in the “ventro-lateral” position in Dorvilleidae.

Buccal lips were described generally as the “anterior-most outgrowth” of the pros-
tomium and similar to the classification of palps, many different terms were used to
describe buccal lips over time. Most of the authors regarding all five head appendages
as antennae termed buccal lips “palps”, e.g., Ehlers [5], Heider [21], Hanström [12], von
Haffner [22,23], Paxton [24] and Orensanz [25]. The ventro-lateral antennae of Eunicidae
and Onuphidae were homologized with the palps of Nereididae and Aphroditidae by
Binard and Jeener [26] and Gustafson [27], who termed the eunicidan buccal lips con-
sequently “faux-palpes”. Aiyar [18] who neither used the terms “antenna” nor “palp”,
named the buccal lips neutrally “lobes”. This terminology for buccal lips was adopted by
Åkesson [28] in labelling them “oral lobes”. Since Orrhage [14] introduced the term “buccal
lip”, a consensus in the labelling of buccal lips exists. No homology of eunicidan buccal lips
and palps of other annelid taxa was suggested by Binard and Jeener [24] and Orrhage [14].
The same conclusions were drawn by Zanol [29] due to differing innervation patterns. The
dorsal buccal lips found in some taxa of Onuphidae passed through an intensive phase of
renaming, too. From “palps” [12,22–24,30] over “antennae” [5,19,31] to the now-accepted
term “ventral buccal lip” [6,13,14,20,29,32].

The differing numbers of head appendages make Eunicida an ideal model to study
the following questions:

1. Is the brain morphology affected by different numbers and shapes of prostomial
sensory organs? It could be assumed, that species with many prostomial sensory
organs possess complex innervation patterns for processing of stimuli, while species
lacking eyes and head appendages may show a more simple brain morphology.
However, it could also be hypothesized, that species with a less amount of prostomial
sensory structures balance missing sensory input out by expanding another sense
(e.g., chemosensation of nuchal organs) as von Haffner [11] already suggested.

2. Do similar numbers and shapes of prostomial sensory organs hint at close phyloge-
netic relationships among different eunicidan taxa?

3. How can head appendages (antennae and palps) as well as buccal lips be differentiated?
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Figure 1. Variation of head appendages (antennae, palps) and eyes in representatives of Eunicida.
Living specimens (A–D,F–H), fixated specimens (E). (A) Paucibranchia bellii, dorsal view. Five head
appendages—one median antenna (ma), one pair of lateral antennae (la) and one pair of palps (pa)
are present. One pair of small red-pigmented eyes (ey) is located at the lateral basis of the lateral
antennae. (B) Lysidice unicornis, lateral view. One median antenna (ma) and one pair of red-pigmented
eyes (ey) are located on the prostomium. (C) Lysidice ninetta, dorsal view. Three head appendages are
present (1 ma,1 pair of la) and one pair of relatively big red-pigmented eyes is located on the ventral
basis of the lateral antennae. (D) Leodice torquata, dorsal view. Five head appendages are present
(1 ma, 1 pair of la, 1 pair of pa). One pair of blackish-purple eyes (ey) is located on the ventral basis
of the lateral antennae. (E) Hyalinoecia tubicola, lateral view. Five relatively long head appendages
are present (1 ma, 1 pair of la, 1 pair of pa). One pair of black-pigmented eyes (ey) is located at the
basis of the lateral antennae. The specimen was already fixed when the picture was taken—deviation
in colouration of the specimen is possible. (F) Dorvillea spec., dorsal view. Four relatively long
head appendages are present (1 pair of la, 1 pair of pa). Two pairs of red-pigmented eyes (ey) are
located on the posterior edge of the prostomium. (G) Arabella iricolor, dorsal view. Head appendages
are lacking, but two pairs of black-pigmented eyes (ey) are present on the prostomium. (H) Scole-
toma tetraura, dorsal view. Lacks head appendages as well as eyes. ey = eye, la = lateral antenna,
ma = median antenna, pa = palp, pe = peristomium, pr = prostomium.

To provide answers to these research questions, we analyzed the innervation of sensory
organs and reconstructed their tracts and commissures in the brain in a broad comparative
morphological approach (paraffin histology, immunohistochemistry, ultrastructural analy-
ses, scanning electron microscopy, micro-computed tomography and 3D reconstructions).
Further, we compared the morphology of antennae, palps, buccal lips, eyes, and nuchal
organs among the different taxa to evaluate if interspecific differences are present. These
differences might explain possible variations in the innervation of sensory organs on the
one hand, while on the other hand, they may serve as indicators for hypotheses of phy-
logenetic relationships in Annelida. Generally, morphological studies are still crucial to
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understand the evolution of divergent morphological traits, especially in taxa as diverse
as Annelida. A mapping of morphological characters on recent molecular phylogenies of
Eunicida provides a reliable base for the formulation of phylogenetic and evolutionary
hypotheses, shedding new light on old evolutionary questions.

2. Materials and Methods

2.1. Animals

Specimens of Leodice (Eunice) torquata (Quatrefages, 1866), Lysidice (Nematonereis) uni-
cornis (Grube, 1840) were collected in the intertidal zone of Le Cabellou in Concarneau
(France, Brittany) in March 2017 (Table S1, Figure 1). Specimens of Scoletoma (Lumbrineris)
tetraura (Schmarda, 1861), Lysidice ninetta (Audouin and Milne Edwards, 1833), Paucibranchia
(Marphysa) bellii (Audouin and Milne Edwards, 1833) and Marphysa spec. were found in
the intertidal zone in Concarneau (France, Brittany) in April 2017 (Table S1, Figure 1).
Hyalinoecia tubicola (O.F. Müller, 1776) was collected in Bergen (Norway) in August 2017
(Table S1). Diopatra neapolitana (Delle Chiaje, 1841) was found in Zostera beds during low
tide in the bay of Arcachon close to Le Petit Piquey (France, Nouvelle-Aquitaine) in 1995
(Table S1). Specimens of Dorvillea spec. were found in an aquarium in Leipzig (Germany)
(Table S1, Figure 1). Specimens of Ophryotrocha siberti were collected in an aquarium in San
Diego (USA) in 2015. Specimens of Arabella iricolor (Montagu, 1804) were collected in the
intertidal zone in Le Cabellou in Concarneau (France, Brittany) in 2014 and 2015 (Table S1,
Figure 1). Scoletoma (Lumbrineris) fragilis (O.F. Müller, 1776) was collected in Le Cabellou
in Concarneau (France, Brittany). Histriobdella homari (Beneden, 1858) was collected from
commercially bought Lobster in Bergen (Norway) in 2018 (Table S1).

2.2. Paraffin Histology

Specimens were relaxed in 7% MgCl2 mixed with seawater (1:1) followed by prefix-
ation in 7% formaldehyde in seawater (1:1). Fixation was performed in the refrigerator
overnight using Bouin’s fixative modified after Dubosque-Basil. The further steps applied
follow the standardised methodology described by [33–35]. Serial sections (thickness 5 μm)
of the animal’s prostomium and the peristomium were created using a Reichert-Jung Auto-
cut 2050 microtome (Leica, Wetzlar). Specimens were either cut in cross, horizontal or sagit-
tal sections and were stained in AZAN (for a detailed description see Beckers et al. [35])
or impregnated with silver modified after the protocol of Palmgren (1948, 1955, 1960)
(Table S1).

2.3. Immunohistochemistry

One specimen of Scoletoma tetraura and two specimens of Lysidice ninetta were re-
laxed in a 7% MgCl2 solution mixed with seawater (1:1). Fixation was performed in a 4%
paraformaldehyde solution (Electron Microscope Sciences, Hatfield, PA, USA) in seawater
at 4 ◦C overnight. Further steps were conducted according to standardized immuno-
histological protocols. Samples were cut using a vibratome (Micron HM 650 V, Thermo
Scientific, Dreieich, Germany) producing 60 μm thick sections. Sections were stained using
FMRF-amide (rabbit; ImmunoStar, Hudson, WI, USA) at a dilution of 1:2000 and α-tubulin
(mouse; Sigma-Aldrich, Germany) at a dilution of 1:500 as primary antibodies. The sec-
ondary antibodies Cy2 (goat anti-rabbit; ImmunoStar, Hudson, WI, USA) and Cy5 (goat
anti-mouse; Sigma-Aldrich, Germany) were added in a dilution of 1:500 each. Sections
were mounted on chromalaun/gelatine-covered glass slides and embedded with Elvanol
(after Rodriguez and Deinhard (1960) modified after M. Bastmeier). Examination of the
sections was performed using a Leica confocal laser scanning microscope (TCS SPE, Ger-
many, excitation wavelength: 488 nm/635 nm) and images of the samples were taken via
the software LAS AF 1.6.1 (Leica, Microsystems).
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2.4. Micro-Computed Tomography (μCT)

Specimens of Lysidice ninetta, Leodice torquata and Hyalinoecia tubicola were investi-
gated via micro-computed tomography (μCT) (Table S1). First, specimens were relaxed
in a solution of 7% MgCl2 mixed with seawater (1:1). Prefixation was performed in a 7%
formaldehyde solution mixed with seawater (1:1) and fixation was performed in Bouin‘s
fixative overnight. Samples were washed with 70% ethanol and stained in a 0.3% phos-
photungstic acid (PTA) solution in 70% ethanol for two weeks. Imaging was performed
using a SkyScan 1272 μCT scanner (Burker, Kontich, Belgium), which was equipped with a
Hamamatsu L11871 20 tungsten X-ray source (Hamamatsu, Japan) and a Ximea xiRAY 16
camera (XIMEA GmbH, Germany). The following scanning parameters were used: source
voltage = 70 kV, source current = 142 μA, exposure time = 1430 ms, frames averaged = 10,
flat field correction = activated and scanning time = 14–20 h.

2.5. Electron Microscopy

For scanning electron microscopy (SEM) trunk segments of Paucibranchia bellii, Marphysa
spec., Lysidice unicornis, Lysidice ninetta, Leodice torquata, Hyalinoecia tubicola, Diopatra neapoli-
tana, Ophryotrocha siberti, Arabella iricolor and Scoletoma tetraura were investigated focusing on
the lateral organs (Table S1). Fixation and further processing of the samples were conducted
according to the methodology described by Beckers et al. [33]. Dehydration was performed
in an ascending acetone series if followed by critical-point drying (Bal-Tec CPD 030, Switzer-
land) or via an ascending ethanol series if treated with HMDS (hexamethyldisilazane). After
mounting on aluminium stubs, samples were sputter coated with gold (SEM coating unit
E5100, Polaron Equipment Ltd., Great Britain) and were examined via a scanning electron
microscope (Leitz AMR 1000, FEI Verios 460 L).

The anterior part of one specimen of Paucibranchia bellii and Scoletoma fragilis was
investigated via semi-thin sections using light microscopy (BX-51, Olympus). Additionally,
Paucibranchia bellii was examined via ultra-thin sections in transmission electron microscopy
(TEM). Fixation and further processing of the samples were performed according to the
methodology described by Beckers et al. [33]. Then, 1 μm semi-thin and 70 nm thick
ultra-thin sections were created using a Leica EM Ultracut 6 microtome and a diamond
knife. Semi-thin sections were transferred to glass slides and stained with Toluidine blue.
Ultra-thin sections were placed on formvar-coated single slot copper grids (1 × 2 mm) and
stained with uranyl acetate and lead citrate automatically (QG-3100, Boeckler Instruments).
Examination of the ultra-thin sections was conducted using a transmission electron micro-
scope (Zeiss EM 10CR). Negative pictures documented on phosphor imaging plates were
digitalized using an imaging plate scanner (Ditabis).

2.6. Data Analyses and 3D Reconstructions

Living specimens were photographed using a Canon 600D camera mounted on a Zeiss-
Stemi 2000. Paraffin and semi-thin sections were analysed with an Olympus microscope
(BX-51) that was equipped with an Olympus camera (Olympus cc12) and the dot slide
system (2.2 Olympus, Hamburg). Automatic alignment of the images was performed using
imod and imodalign (http://www.q-terra.de/biowelt/3drekon/guides/imod_first_aid.pdf,
accessed on 5 October 2022). For the creation of an image stack the images were loaded in
ImageJ 1.51 k (Wayne Rasband, National Institutes of Health, USA, http://imagej.nih.gov/ij,
accessed on 5 October 2022) and segmentation was performed using TrackEM in ImageJ.
The 3D reconstructions were created in Amira 5.3.1 (Thermo Fisher Scientific, Waltham,
MA, USA).

Z-projections of the immunohistological image stacks were created using ImageJ 1.51 k
and the function “maximum intensity”. If images needed to be stitched together, 3D
stitching was performed in ImageJ 1.51 k.

Two-dimensional (2D) image slicing of the μCT data was performed using ImageJ
1.51 k and the plug-in Volume Viewer. The 3D rendering was conducted in Amira 5.3.1
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and 3D reconstructions of the nervous systems of the samples were performed by manual
segmentation and surface rendering.

Image processing and creation of schematic drawings were conducted in Adobe
Photoshop (CS6) and Adobe Illustrator (CS6).

3. Results

The neuroanatomical nomenclature used in this study follows the terminology given
by Richter et al. [36]. Without proposing a general homology with palps of other annelids,
the term “palp” is used here to describe head appendages innervated by two or more
nerve roots originating from the dorsal root of the circumoesophageal connective (drcc)
and the ventral root of the circumoesophageal connective (vrcc) and their commissures [13].
According to Orrhage and Müller [13] and Orrhage [14], antennae are solely innervated
by nerves emanating from the drcc. Based on the study of Zanol [29], we use the adjective
“eunicid” in context with all members belonging to the family Eunicidae, while “eunicidan”
refers to members of the order Eunicida.

3.1. The Central Nervous System

The central nervous system (cns) of Eunicida is basiepidermal (intraepidermal) and
consists of a central neuropil (brain), the circumoesophageal connectives (cc) and the paired
ventral nerve chord (vnc) (Figure 2A–F). The brain is located dorsally in the prostomium
and is connected via the cc in the peristomium to the suboesophageal ganglion and the
subsequent paired ventral nerve chord in the metameric trunk (Figure 2A–F). The cc splits
in a dorsal (drcc) and a ventral root (vrcc) in the brain and the ganglionic ventral nervous
system forms regular segmental commissures running through the trunk (Figure 2A–F).

Comparing brain positions among the different species studied, the brain of Arabella
iricolor (Oenonidae), Scoletoma tetraura and Scoletoma fragilis (Lumbrineridae) is positioned
a bit more posteriorly in the prostomium than in the remaining taxa (Figure 2G,H). This
impression might be consolidated by the elongated prostomium of these taxa.

3.2. General Brain Anatomy

In all species investigated, the brain surrounds the intracerebral cavity (Figure 3A,C,F,G).
Anteriorly to this point, the brain splits into smaller neuropils, from which many delicate
nerves arise innervating the tip of the prostomium (Figure 2G,H). At the height of the
intracerebral cavity, dorsal and ventral brain neuropil can be differentiated with regard to
their relative topology (Figure 3A,C,F,G). The dorsal brain neuropil innervates all dorsally
located sensory organs (such as antennae, eyes and nuchal organs) (Figure 3C,D,H,I) and
inhabits the respective commissures and tracts, e.g., optical commissures and associa-
tion tracts of antennae. Parts of the ventral brain neuropil innervate the buccal lips—if
present. Palps are innervated by both, the dorsal and the ventral brain neuropil. The
oesophageal ganglion is still part of the ventral brain neuropil and gives rise to the jaw
nerves (Figure 3D,E,H,I). The dorsal root of the circumoesophageal connective (drcc) origi-
nates from the dorsal brain neuropil (Figure 3D,I). The ventral brain neuropil gives rise to
the ventral root of the circumoesophageal connective (vrcc) (Figure 3I). In many species,
e.g., in Lysidice ninetta, the dorsal and the ventral commissure of the ventral root of the
circumoesophageal connective (dcvr/vcvr) can be differentiated (Figure 2D). With this,
the ventral brain neuropil terminates. The dorsal brain neuropil proceeds posteriorly and
innervates the nuchal organ before it terminates (Figure 2G).
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Figure 2. Components and topology of the cns in Eunicida. The 3D reconstructions and volume
renderings are based on μCT scans (A–F), cLSM scans of sagittal sections (G,H). (A) Leodice torquata,
dorsal view. (B) L. torquata, lateral view. (C) Lysidice ninetta, dorsal view. (D) L. ninetta, lateral view.
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(E) Hyalinoecia tubicola, dorsal view. (F) H. tubicola, lateral view. (G) Scoletoma tetraura, lateral view.
A fine net of frontal nerves (fn) originating from the brain neuropil innervates the anterior part of
the prostomium. The dorsal and the ventral brain neuropil (dnp, vnp) can be distinguished. Nuchal
organ nerves (non) originate from the posterior-most part of the dorsal brain neuropil (dnp) and
innervate the nuchal organ (indicated by green arrowhead). (H) S. tetraura, lateral view. From
the ventral brain neuropil, the oesophageal nerves (on) originate at height of the mouth opening
(purple arrowhead). br: brain; ca: caudal; cc: circumoesophageal connective; cns: central nervous
system; dnp: dorsal brain neuropil; ey: eye; fn: frontal nerves; fr: frontal; jn: jaw nerves; ma: median
antenna; mo: mouth opening; no: nuchal organ; non: nuchal organ nerve; on: oesophageal nerves; pe:
peristomium; pr: prostomium; vnc: ventral nerve chord; vnp: ventral brain neuropil; green arrow:
nuchal cavity; pink arrow: mouth opening.

Deviations from this brain morphology occur in Arabella iricolor and Scoletoma tetraura.
In both species, the anteriorly located neuropil parts extend much more ventrally than in all
other species examined (Figure 3H). In A. iricolor, the oesophageal ganglion originates from
the ventral parts of these neuropils (Figure 3H,I). The oesophageal ganglion is connected to
the circumoesophageal connective via a pair of distinct commissures (Figure 3G,I). Both
the commissures as well as the oesophageal ganglion are surrounded by a thick layer of
intermediate filaments (Figure 3G). The paired stomatogastric nerves originate from these
commissures innervating the stomatogastric system including the oesophagus (Figure 3J).
This situation was not observed in any other species examined. Further, the intracerebral
cavity in A. iricolor is much smaller than in any other taxon investigated (Figure 3F,H). In
S. tetraura the ventrally extended anterior neuropil parts fuse in the posterior course so that
together with the dorsal brain neuropil it surrounds the intracerebral cavity.

Additionally, in A. iricolor, as well as S. tetraura, distinct neuropils occur at the lateral
sides of the brain neuropil. In both species, these lateral neuropils extend dorso-ventrally
and they are surrounded by a thick layer of somata of type 1 neurons (Figure 4A,D).
The lateral neuropils are interconnected by a tract located in the dorsal brain neuropil
(Figures 3F,G and 4B,C,E). The tract is surrounded by intermediate filaments of glia cells
(Figures 3B,F and 4C). In A. iricolor, the dorsal nerves root in this tract and the dorsal brain
neuropil (Figure 4C).

3.3. Ultrastructure of the Central Neuropil and the Somata

In all species investigated, the central neuropil consists of neurites and is surrounded
by somata of different neuronal types, that are discriminated by size (Figure 5A–C,E).
The neurites can have different diameters and orientations and parallel-oriented neurite
bundles create commissures and tracts in the otherwise heterogeneous central neuropil
(Figure 5A,D). Dense and lucent core vesicles comprising neuropeptides are present in
the neurites (Figure 5F) and stabilizing intermediate filaments of glial cells surround the
neurites (Figure 5D). Blood vessels may traverse the brain. A thin layer of glial cells and
their processes isolate the central neuropil from the surrounding somata (Figure 5A,D).
Each soma is isolated by several layers of glia cell processes (Figure 5D) while desmosomes
connect adjacent glia cell processes (Figure 5D). A glial layer surrounding the neuronal
somata is not visible (Figure 5A).
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Figure 3. General brain anatomy. Histological cross sections (5 μm, AZAN) of Leodice torquata (A,B)
and Arabella iricolor (F,G). Three-dimensional reconstructions based on histological serial sections of
Lysidice ninetta (C–E) and A. iricolor (H–J). at: association tract; atmla: association tracts of the median
and the lateral antennae; bc: buccal cavity; ca: caudal; cc: circumoesophageal connective; d: dorsal;
dcvr: dorsal commissure of the ventral root of the circumoesophageal connective; dn: dorsal nerves;
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dnp: dorsal brain neuropil; drcc: dorsal root of the circumoesophageal connective; ey: eye; fr: frontal;
ic: intracerebral commissure; if: intermediate filaments; jn: jaw nerves; lan: lateral antenna nerve;
man: median antenna nerve; no: nuchal organ; oc: optical commissure; oegc: connective of the
oesophageal ganglion; oen: oesophageal nerves; on: optical nerve; stn: stomatogastric nerves v:
ventral; vcvr: ventral commissure of the ventral root of the circumoesophageal connective; vnp:
ventral brain neuropil; vrcc: ventral root of the circumoesophageal connective.

Somata of type 1 neurons (S1,) are densely packed and their nuclei appear as reddish–
purple spherical structures with a size of 4.4–7.5 μm (Figure 5A,B). S1 neurons occur
predominantly on the lateral sides of the central neuropil (Figure 5A). As somata of type 2
neurons (S2) possess more glia enwrapping than S1 neurons, S2 neurons appear less dense
packed. Both types of neurons share a similar-sized nucleus (Figure 5A,C). S2 neurons
occur constantly around the central neuropil surrounding it dorsally, laterally as well as
ventrally (Figure 5A). Somata of type 3 neurons (S3) are enlarged and their nuclei are
more prominent (13.2–26.3 μm) than the nuclei of S1 and S2 neurons (Figure 5A,E). The
nucleolus can easily be identified in S3 neurons due to its brightly red stain while the
nucleus itself appears light blue (Figure 5E). S3 neurons do not occur constantly around
the central neuropil since they are refined to certain areas: they occur medio-dorsally and
ventro-laterally to the central neuropil and only at the frontal part of the dorsal neuropil
(Figure 5A).

3.4. Innervation Patterns of Antennae in the Brain

Antennal innervation patterns in the brain may differ among the species studied
according to the number of antennae and palps present. Most complex innervation patterns
can be found in Eunicidae bearing three antennae and two palps (Paucibranchia bellii,
Marphysa spec., Leodice torquata) in possessing so-called association tracts (sensu Orrhage
1995), while association tracts seem to be missing in all other species examined (Figure 6).

3.4.1. Innervation Patterns in Eunicidae (Five Head Appendages)

In Pauchibranchia bellii, Marphysa spec. and Leodice torquata, antennae are innervated by
one main nerve (man, lan) (Figure 7A). In the median antenna, this nerve splits into two
main nerve roots (manr1) at the height of the ceratophore (Figures 7A and 8B–D). The main
nerve roots run along both sides of the antennae coelom towards the brain. Each manr1
splits into three minor nerve roots (manr2, manr3, atma) prior to entering the dorsal brain
neuropil (Figure 7A). The manr2 and manr3 roots in the dorsal commissure of the dorsal
root of the circumoesophageal connective (dcdr). The third minor nerve root is termed the
association tract (atma) according to Orrhage (1995) and runs ventrally through the dorsal
brain neuropil (Figures 7A and 8A,D,E,G). Both association tracts of the median antenna
(atma) fuse in the dorsal neuropil (Figures 7A and 8E,G), and split again at the ventral
side of the dorsal brain neuropil (Figures 7A and 8B–D). There, each atma fuses with the
respective association tract of the lateral antennae (atla) (Figures 7A and 8B,D). The product
of this fusion is the paired association tracts of the median and the lateral antennae (atmla)
that proceed next to the intracerebral cavity in the anterior direction through the dorsal
brain neuropil (Figures 7A and 8D). In the anteriorly located part of the brain the paired
atmla fuse in a larger area of intensively stained neurites. In this area, the dorsal roots of
the palp nerves originate.
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Figure 4. Lateral brain neuropils in Arabella iricolor (Oenonidae) and Scoletoma tetraura (Lumbrineri-
dae). Histological cross sections (5 μm, AZAN) (A,C,D). Three-dimensional reconstructions based
on histological serial sections (B,E). (A) The lateral brain neuropil (lnp) is surrounded by a dense
layer of somata of type 1 neurons (S1) and intermediate filaments (if) of glia cells in A. iricolor. (B) 3D
reconstruction of the lnp and the tract (tlnp) connecting both neuropils in the brain (np) in A. iricolor.
The dorsal nerves (dn) root partially in the tlnp. Frontal view. (C) The dn root in the tlnp and the
dorsal brain neuropil (dnp) in A. iricolor. The tract is surrounded by intermediate filaments (if) of glia
cells. (D) A dense layer of somata of type 1 neurons (S1) surround the lnp in S. tetraura. (E) A 3D
reconstruction of the lnp and the tlnp connecting both neuropils in the brain (np) of S. tetraura. Frontal
view. d: dorsal; dcdr: dorsal commissure of the dorsal root of the circumoesophageal connective;
dn: dorsal nerves; dnp: dorsal brain neuropil; if: intermediate filaments; lnp: lateral brain neuropil;
np: neuropil; S1: somata of type 1 neurons; tlnp: tract of the lateral brain neuropils; v: ventral; vnp:
ventral brain neuropil.
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Figure 5. Brain neuropil and different types of neuronal somata. Ultra-thin cross sections (70 nm)
of Paucibranchia bellii (A,B) and histological cross sections (5 μm, AZAN) of Scoletoma tetraura (C–F).
(A) Distribution of different types of somata (S1, S2, S3) around the brain neuropil (np). (B) Somata
of type 1 neurons (S1). (C) Somata of type 2 neurons (S2). (D) Somata of type 3 neurons (S3) with
prominent nucleoli (nuc) in the nucleus. © The brain neuropil (np) consists of neurites (nt) of different
sizes and orientations. Processes of glial cells (pgc) surround the central neuropil (np) creating a
layer between the central neuropil (np) and the neuronal somata (so). Nuclei of the glial cells (ngc)
are brick-shaped and processes of the glial cells (pgc) can be distinguished. Neuronal somata (so)
are interconnected by desmosomes (ds). (F) Dense (dcv) and lucent core vesicles (lcv) are present in
the brain containing neurotransmitters. dcv: dense core vesicles; ds: desmosomes; gc: glia cells; if:
intermediate filaments; lcv: lucent core vesicles; ngc: nucleus of glia cell; np: neuropil; nt: neurite; nu:
nucleus; nuc: nucleolus; pgc: processes of glia cell; S1: somata of type 1 neurons; S2: somata of type 2
neurons; S3: somata of type 3 neurons; so: somata.
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Figure 6. Generalized schemes of the innervation patterns of species bearing different numbers
of antennae, palps, and eyes and conditions in species lacking these sensory organs. The asterisk
(*) in picture D indicates the inclusion of data from Zanol [20]. (A) Innervation patterns found in
Eunicidae and Onuphidae bearing 5 head appendages (Pauchibranchia bellii, Marphysa spec., Leodice
torquata, Hyalinoecia tubicola). (B) Innervation patterns found in Lysidine ninetta (3 head appendages).
(C) Innervation patterns of Nematonereis unicornis (1 head appendage). (D) Innervation patterns
of Dorvillea spec. (4 head appendages). (E) Innervation patterns of Arabella iricolor (lacking head
appendages, but possessing two pairs of eyes). (F) Conditions found in Scoletoma tetraura and
Scoletoma fragilis (lacking head appnendages and eyes). aoc: anterior optical commissure; atla:
association tract of the lateral antennae; atma: association tract of the median antenna; bln: buccal lip
nerve; dcdr: dorsal commissure of the dorsal root of the circumoesophageal connective; dn: dorsal
nerve; e: eye; ic: intracerebral cavity; lan: lateral antenna nerve; lnp: lateral neuropil; lnpc: lateral
neuropil commissure; lnpc1: first commissure of the lateral neuropils; lnpc2: second commissure of
the lateral neuropils; man: median antenna nerve; np: brain neuropil; oc: optical commissure; pn:
palp nerve; pnr: palp nerve root; poc: posterior optical commissure.
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Figure 7. Schematic drawings of association tracts and nerve roots (light grey, reddish) of species
bearing five head appendages based on a serial histological cross section of the dorsal brain neuropil
(dark grey). (A) Eunicidae (Marphysa spec., Paucibranchia bellii and Leodice torquata). (B) Onuphidae
(Hyalinoecia tubicola). atla: association tract of the lateral antenna; atla1: first association tract
of the lateral antenna; atla2: second association tract of the lateral antenna; atma: association
tract of the median antenna; atmla: association tract of the median and the lateral antennae;
cas: commissure of the association system; dcdr: dorsal commissure of the dorsal root of the
circumoesophageal connective; dfm: dorsal fibril mass; dnp: dorsal brain neuropil; drcc: dorsal
root of the circumoesophageal connective; lan: lateral antenna nerve; lanr: nerve root of the lateral
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antenna; latla: lateral association tract of the lateral antenna; latla1: lateral root of the first association
tract of the lateral antenna; latla2: lateral root of the second association tract of the lateral antenna;
llanr: lateral root of the lateral antenna nerve; man: median antenna nerve; matla: median association
tract of the lateral antenna; matla1: median root of the first association tract of the lateral antenna;
matla2: median root of the second association tract of the lateral antenna; manr1: first root of the
median antenna nerve; manr2: second root of the median antenna nerve; manr3: third root of the
median antenna nerve; mlanr: median root of the lateral antenna nerve; mlanr2: second median
root of the lateral antenna nerve; mlanr3: third median root of the lateral antenna nerve; pn: palp
nerve; pnr1: first root of the palp nerve; pnr2: second root of the palp nerve; pnr3: third root of the
palp nerve.

Similar to the innervation of the median antenna, the main nerve of the lateral antennae
splits into two main nerve roots running alongside the antenna coelom (llanr, mlanr1) in
P. bellii, Marphysa spec. and L. torquata (Figure 7A). Prior to entering the dorsal brain
neuropil, both main nerve roots split into minor nerve roots. The lateral nerve root of the
lateral antenna (llanr) splits into two minor nerve roots (latla1, matla1) (Figure 7A). The
more medially located nerve root of the lateral antenna (mlanr1) splits into three minor
nerve roots (mlanr2, latla2, matla2) (Figure 7A). Both lateral association tracts of the lateral
antenna (latla1, latla2) fuse in the dorsal brain neuropil creating the first association tract
of the lateral antenna (atla1) (Figure 7A). The atla1 proceeds ventrally and fuses with the
dorsal fibril mass (dfm) (Figures 7A and 8C). Both medially located association tracts of the
lateral antenna (matla1, matla2) fuse in the dorsal brain neuropil, constituting the second
association tract of the lateral antenna (atla2). The atla2 proceeds diagonally through the
dorsal brain neuropil and fuses with the atma, creating the atmla (Figure 7A). Additionally,
a further minor nerve root (mlanr3) splits from the matla2. This nerve root, the third
median nerve root of the lateral antenna (mlanr3), roots in the horizontally proceeding
commissure of the association system (cas) (sensu Orrhage 1995) (Figure 7A). The cas is
a commissure that connects the matla2 of both lateral antennae via the mlanr3. The cas
proceeds anteriorly originating in the dorsal brain neuropil.

3.4.2. Innervation Patterns in Hyalinoecia tubicola (Onuphidae)

The innervation pattern of the median antenna of Hyalinoecia tubicola (5 head ap-
pendages) concurs with that of eunicids bearing five head appendages (Figure 7). Due
to the oblique cutting plane of the histological sections, tracking of association tracts was
impeded in H. tubicola.

Lateral antennae in H. tubicola are innervated differently: although the lateral antenna
is innervated by one main nerve (lan), too, it does not split into a pair of minor nerves.
Instead, the lateral antenna nerve proceeds along the medially located side of the lateral
antenna coelom towards the brain (Figure 7B). Prior to entering the dorsal brain neuropil,
the lan roots at least into two minor nerve roots (lanr, atla). The more medially located nerve
root (lanr) originates from the dcdr, while the association tract (atla) proceeds in a ventral
direction through the dorsal brain neuropil (dnp) (Figure 7B). Before reaching the ventral
part of the dorsal brain neuropil, the atla splits into two minor tracts, the median and the
lateral association tract (latla, matla). The matla fuses with the respective association tract of
the median antenna (atma) at the ventral side of the dorsal brain neuropil (Figure 7B). The
product of this fusion is the paired association tracts of the median and the lateral antennae
(atmla) (Figure 7B). The atmla run in the anterior direction through the dorsal brain neuropil
and originate medially in the neuropil. The latla proceeds in the ventral direction through
the dorsal brain neuropil rooting in the dorsal fibril mass (dfm) (Figure 7B).
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Figure 8. Association tracts of Pauchibranchia bellii, Marphysa spec., Leodice torquata and dorsal nerves
of Arabella iricolor. Histological cross sections (5 μm), silver staining (A–C,E,G), AZAN staining (F).
Three-dimensional reconstructions based on histological serial sections (D). Pictures (B,C,E,G) show
association tracts in a consecutive anterior-posterior course. (A) Marphysa spec. The nerves of
the median and the lateral antenna (man, lan) root in the dorsal commissure of the dorsal root of
the circumoesophageal connective (dcdr) and the respective association tracts (atma, atla). The
association tract of the median antenna (atma) proceeds in a ventral direction through the dorsal
brain neuropil (dnp). The association tract of the lateral antenna (atla) runs diagonally through the
dorsal brain neuropil. (B) Leodice torquata. The association tracts of the lateral antennae (atla) fuse
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with the association tracts of the median antenna (atma) in the ventral part of the dorsal brain neuropil
(dnp). (C) L. torquata. The association tracts of both lateral antenna (atla) fuse in the ventral brain
neuropil creating a ventral commissure (vc). (D) Paucibranchia bellii, frontal view. The association
tracts of the median antenna (atma) and the lateral antennae (atla) fuse in two association tracts
(atmla). The association tracts of the median and the lateral antennae (atmla) proceed in the anterior
direction through the dorsal brain neuropil. (E) L. torquata. Both nerves of the median antenna (man)
fuse in one association tract (atma). (F) Arabella iricolor. A pair of dorsal nerves (dn) originates from
the dorsal brain neuropil (dnp) in a topologically similar position as the median antenna nerves
of antennae-bearing species. (G) L. torquata. The association tract of the median antenna (atma)
splits into two tracts, which will fuse with the respective association tracts of the lateral antenna
(atla) creating the association tracts of the median and the lateral antennae (atmla). atla: association
tract of the lateral antenna; atma: association tract of the median antenna; atmla: association tract
of the median and the lateral antennae; d: dorsal; dcdr: dorsal commissure of the dorsal root of the
circumoesophageal connective; dn: dorsal nerves; dnp: dorsal brain neuropil; ey: eye; la: lateral
antenna; lan: lateral antenna nerve; ma: median antenna; man: median antenna nerve; np: neuropil;
on: optical nerve; pn: palp nerve; vc: ventral commissure; v: ventral.

3.4.3. Innervation Patterns in Eunicidae (Three and One Head Appendages)

In Lysidice ninetta (three antennae) and Lysidice unicornis (one median antenna), an-
tennae are innervated by one main nerve (man/lan). As in P. belli, Marphysa spec. and
L. torquata, the main nerves split at the height of the ceratophore into two nerve roots
(2x manr1/llanr, mlanr1), running along the sides of the respective antenna coelom towards
the dorsal brain neuropil. At least two minor nerve roots (manr2, manr3) are present in the
median antenna of both species. The manr2 as well as the manr3 root in the dcdr. Distinct
association tracts were not observed for the median antenna.

In L. ninetta, the lateral root of the lateral antennae nerve (llanr) splits into two minor
nerve roots. Whether these nerve roots are association tracts is not clear, since tracking is
impeded by the oblique cutting plane. At least one nerve root seems to proceed in ventral
direction through the dorsal brain neuropil and could be interpreted as an association
tract. As the association tracts (atla1) of P. belli, Marphysa spec. and L. torquata, it seems
to originate at least in close proximity to the dorsal fibril mass (dfm). The other nerve
root seems to originate more dorsally in the dorsal brain neuropil. The median root of the
lateral antenna nerve (mlanr1) proceeds in one specimen of L. ninetta until the dorsal brain
neuropil, but nerve roots could not be distinguished. In another specimen of the same
species, the course of the mlanr1 could not be tracked or it simply shows no connection to
the dorsal brain neuropil.

3.4.4. Innervation Patterns in Dorvillea spec. (Dorvilleidae)

In Dorvillea spec. (two lateral antennae, two palps) each antenna is innervated by one
main nerve similar to the conditions found in the remaining species studied. Identification
of antennal nerve roots is hampered by the oblique cutting plane of the histological sections.
Nevertheless, two nerve roots (mlanr1, llanr) and several minor nerve roots could be
identified as innervating the lateral antennae. The llanr is much more prominent than the
relatively small and inconspicuous mlanr1, but both nerve roots proceed along the sides
of the lateral antenna coelom towards the brain. The llanr roots at least with two minor
nerve roots in the dorsal brain neuropil. The number of nerve roots of the mlanr1 as well as
association tracts generally could not be identified.

3.4.5. Conditions in Oenonidae and Lumbrineridae (No Head Appendages)

Arabella iricolor (Oenonidae) lacks head appendages, but a pair of dorsal nerves (dn)
is present resembling the median antenna nerves of the remaining taxa topologically
(Figures 3F,H,I, 4B,C and 8F). The paired dorsal nerves surround the median coelomic
cavity and root in a tract connecting the lateral neuropils (tlnp) as well as the dorsal brain
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neuropil (Figure 4B,C). At the insertion point of the dorsal nerves, the lateral neuropil tract
forms a cushion-like neuropil area located medially in the dorsal brain neuropil (Figure 4C).
This cushion-like neuropil area is surrounded by intermediate filaments of radial glia cells.
Association tracts (sensu Orrhage 1995) are missing. Scoletoma tetraura and Scoletoma fragilis
(Lumbrineridae) lack head appendages, association tracts and dorsal nerves (Figure 4E).

3.5. Prostomium and Prostomial Sensory Organs

In the examined representatives of Oenonidae and Lumbrineridae the prostomium
is elongated and tapered (Figure 1G,H) while in Eunicidae and Onuphidae it is roundish
with or without distinct buccal lips (Figure 1A–E). In Dorvilleidae the prostomium is very
small and roundish (Figure 1F).

Prostomial sensory organs occur in species-specific combinations and morphology
in Eunicida (Figure 1, Table 1). Antennae, palps, eyes and nuchal organ(s) are located
on the posterior part of the prostomium dorsally to dorso-laterally while buccal lips are
located ventrally (Figures 1 and 2). The nuchal organ is the only prostomial sensory
organ completely internalized: not more than the opening(s) of the nuchal cavity may be
recognized from the outside (Figure 1).

Table 1. Number of sensory prostomial structures (antennae, palps, buccal lips, eyes and nuchal
organ) in the examined Eunicida.

Species
Median
Antenna

Lateral
Antennae

Palps Buccal Lips Eyes Nuchal Organ

Pauchibranchia bellii 1 2 2 2 2 unpaired, arc-shaped

Marphysa spec. 1 2 2 2 2 unpaired, arc-shaped

Lysidice unicornis 1 0 0 2 2 unpaired, arc-shaped

Lysidine ninetta 1 2 0 2 2 unpaired, arc-shaped

Leodice torquata 1 2 2 2 2 unpaired, arc-shaped

Hyalinoecia tubicola 1 2 2 2 2 unpaired, arc-shaped

Dorvillea spec. 0 2 2 0 4 paired, simple

Arabella iricolor 0 0 0 0 4 (5) paired, branched

Scoletoma tetraura 0 0 0 0 0 unpaired, x-shaped

Scoletoma fragilis 0 0 0 0 0 unpaired, x-shaped

Histriobdella homari 1 2 2 0? 0? “oval, very small pits”

3.6. Head Appendages (Antennae and Palps)

Paucibranchia bellii, Marphysa spec., Leodice torquata (Eunicidae) and Hyalinoecia tubicola
(Onuphidae) possess one median antenna, one pair of lateral antennae and one pair of palps
(Figure 1A,D,E, Table 1). One pair of lateral antennae and one pair of palps are present in
Dorvillea spec. (Dorvilleidae) (Figure 1F, Table 1), while Lysidice ninetta (Eunicidae) bears
one median antenna and one pair of lateral antennae (Figure 1C, Table 1). One median
antenna is present in Lysidice unicornis (Eunicidae) (Figure 1B, Table 1). Arabella iricolor
(Oenonidae), Scoletoma tetraura and Scoletoma fragilis (Lumbrineridae) lack head appendages
(Figure 1F,G, Table 1. Outer Morphology of Antennae and Palps).

Antennae and palps are digitiform and possess a basal ceratophore (antennophore/
palpophore) and a distal ceratostyle (antennal style/palpostyle) (Figure 1). Antennae and
palps have a white-beige pigmented, smooth surface in P. bellii (Eunicidae), Marphysa spec.
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(Eunicidae), L. unicornis (Eunicidae), L. ninetta (Eunicidae) and Dorvillea spec. (Dorvilleidae)
(Figure 1A–C,E,F). In L. torquata, the ceratophores and palpophores have a white pigmen-
tated, smooth surface, while the ceratostyles and palpostyles are annulated in white and
red (Figure 1D). In H. tubicola, the ceratophores and palpophores are annulated, while the
ceratostyles and palpostyles have smooth surfaces (Figure 1E). Further, differences in the
length of antennae and palps appear between the species: H. tubicola and Dorvillea spec.
possess relatively long head appendages when compared to the size of their prostomia
(Figure 1D,E). P. bellii, Marphysa spec. and L. torquata bear head appendages of moder-
ate length (Figure 1A,D) while antennae of L. unicornis and L. ninetta are relatively short
compared to the size of their prostomia (Figure 1B,C).

Inner Morphology of Antennae and Palps

Besides a similar outer morphology, antennae and palps share a similar inner anatomy
in most of the species studied. Generally, one nerve consisting of longitudinal and circular
directed nerve fibres can be found in the ceratostyles as well as the palpostyles (Figure 9A,B).
Longitudinal nerve fibres are located medially and are surrounded by circular nerve fibres
(Figure 9A). Nuclei of glial cells can be found in both kinds of nerve fibres (Figure 9A). Both
nerve fibre-types run through the ceratostyle/palpostyle until the tip of the respective head
appendage (Figure 9B). A coelomic cavity (here referred to as “antenna coelom” or “palpus
coelom”) containing musculature is located in the ceratophores and the palpophores of all
species investigated (e.g., Figure 9C–H). While the composition of antennae in Dorvillea
spec. is the same as in the remaining taxa, its palps are differently organized: the coelomic
cavity and the musculature are not limited to the palpophore, but extend until the tip of
the respective head appendage (Figure 9F,G).

3.7. Innervation of Palps

In the studied Eunicidae and Onuphidae, palps are innervated by one main nerve
(pn) running along the more medially located side of the palp coelom towards the brain
(Figure 9D,E). Before entering the brain, the palp nerve splits into several minor nerve
roots—in most species studied three minor palp nerve roots (pnr1, pnr2, pnr3) are present
(Figure 7). The two more dorsally located palp nerve roots (pnr1, pnr2) originate from
the dorsal brain neuropil (Figures 7 and 9E). The more ventrally located palp nerve root
originates from the ventral brain neuropil (Figures 7E and 9E). The exact number of
minor nerve roots was in some specimens hard to identify because oblique cutting planes
hampered tracking.

In Pauchibranchia bellii, we found 3–4 minor nerve palp roots (3 rooting in the dnp (one
of which rooting in the dfm) and probably 1 rooting in the vnp). For Marphysa spec. we
could identify only one minor palp nerve root, rooting in the dfm (dorsal brain neuropil).
Probably more nerve roots are present. In Leodice torquata, up to four or more minor palp
nerve roots can be present depending on the specimen we are looking at. There were
1–2 nerve roots originating from the vnp, while 2–3 nerve roots were found rooting in the
dnp. The exact number of palp nerve roots for Hyalinoecia tubicola could not be determined
due to the oblique cutting plane.

In Dorvillea spec. two distinct palp nerves (dpn, vpn) innervate each palp (Figure 9F,G).
Both palp nerves proceed from the basal to the distal end of each palp running along both
sides of the coelomic cavity. The more ventrally located palp nerve (vpn) fuses via at least
two minor nerve roots with the ventral brain neuropil, while the more dorsally located
palp nerve (dpn) and its minor nerve roots originate from the dorsal brain neuropil. At
least two minor nerve roots were observed for np.
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Figure 9. Inner morphology and innervation of antennae and palps. Histological cross sections
(5 μm) stained in AZAN (A,E–H) or silver (C,D). Horizontal section (5 μm, AZAN) (B). (A) Leodice
torquata (lateral antenna). Antennae as well as palps possess one main nerve, which consists of
medially located longitudinal nerve fibres (ln) and surrounding circular nerve fibres (cn). Both types
of nerve fibres possess nuclei of glia cells (gcn). (B) Leodice torquata (palp). Longitudinal nerve fibres
(ln) and circular nerve fibres (cn) proceed nearly until the tip of the respective head appendage.
(C) Marphysa spec.: The main nerve of the median antenna and the lateral antenna splits at height of
the coelomic cavity (co) into two main roots (median antenna: 2x manr1; lateral antenna: mlanr1,
llanr), respectively. Each main nerve root runs alongside the antenna coelom (palp coelom) (co)
towards the brain (np). Prior to entering the brain, the main nerve roots split into several minor nerve
roots (e.g., manr2, manr3, atma), some of which originate from the dcdr or proceed as association
tracts (e.g., atma) through the dorsal brain neuropil. Each antenna or palp coelom (co) contains
musculature (mu). (D) Marphysa spec.: The palp nerve (pn) proceeds along the dorsally located side
of the palp coelom (co) and splits into minor nerve roots prior to entering the brain (np). (E) Palp
nerve roots exemplified for Leodice torquata. The palp nerve (pn) passes the palp coelom (co) and
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splits at least into three minor palp nerve roots (pnr) before entering the brain. The two more dorsally
located palp nerve roots originate from the dorsal brain neuropil (dnp), and the more ventrally located
palp nerve root originates from the ventral brain neuropil (vnp). (F,G) In Dorvillea spec. each palp is
innervated by two palp nerves (dpn, vnp). The more dorsally located palp nerve (dpn) originates
from the dorsal brain neuropil (dnp), and the more ventrally located palp nerve (vpn) originates
from the ventral brain neuropil (vnp). Both nerves proceed together with the coelomic cavity (co)
and musculature (mu) through the palp. (H) Separation of palps into palpophore (pp) and palpostyle
(ps) exemplified for Hyalinoecia tubicola. The palp is composed of an annulated basal palpophore
(pp) and a distal palpostyle (ps). One palp nerve (pn) innervates the palp. atma = association tract
of the median antenna, ca = caudal, cn = circular nerve fibres, co = coelom, cu = cuticle, d = dorsal,
dcdr = dorsal commissure of the dorsal root of the circumoesophageal connective, dfm = dorsal fibril
mass, dnp = dorsal brain neuropil, dpn = dorsal palp nerve, ep = epidermis, ey = eye, fr = frontal,
gcn = nuclei of glia cells, la = lateral antenna, lan = lateral antenna nerve, llanr = lateral root of the
lateral antenna nerve, ln = longitudinal nerve fibres, ma = median antenna, manr1 = first root of
the median antenna nerve, manr2 = second root of the median antenna nerve, manr3 = third root of
the median antenna nerve, mlanr1 = median root of the lateral antenna nerve, mu = musculature,
np = neuropil, p = palp, pn = palp nerve, pnr = roots of palp nerve, pp = palpophore, ps = palpostyle,
S3 = somata of class 3 neurons, sc = stomatogastric cavity, so = somata, v = ventral, vnp = ventral
brain neuropil, vpn = ventral palp nerve.

3.8. Buccal Lips

Distinct buccal lips occur as paired structures in front of the mouth opening on the
ventral side of the prostomium in the studied specimens of Eunicidae and Hyalinoecia
tubicola (Onuphidae) (Figure 10A,B). In Eunicidae one pair of more or less rectangular-
shaped buccal lips is present with a smooth surface (Figure 10A). In H. tubicola two pairs
of buccal lips are present—one dorsal (dbl) and one ventral (vbl) pair –plus on additional
pair of accessory buccal lips (abl) (Figure 10B). The more or less rectangular-shaped ventral
buccal lips of H. tubicola are placed directly in front of the mouth opening and have a smooth
surface. The dorsal buccal lips and the accessory buccal lips are spindle-shaped with a
rough surface and are positioned in pairs anteriorly to the ventral buccal lips. Buccal lips
are innervated by nerves (bln) originating from the ventral brain neuropil (Figure 10D,E).
The buccal lip nerves proceed in the ventral direction alongside the buccal cavity (blc) and
fuse eventually, building a loop. All remaining taxa studied belonging to the families of
Dorvilleidae, Oenonidae and Lumbrineridae lack buccal lips (exemplified for Oenonidae,
Figure 10C).

3.9. Eyes

Eyes are multicellular cerebral eyes of the pigment cup type and can be present as
two pairs, one pair, or they are absent (Figures 1 and 11, Table 1). In species possessing
one pair of eyes (Paucibranchia bellii, Marphysa spec., Lysidice unicornis, Lysidice ninetta,
Leodice torquata; Hyalinoecia tubicola), eyes are located between the lateral antennae and the
palps (Figure 1A,D,E), or in a topologically equal position, if head appendages are lacking
(Figure 1B,C,G). In species possessing two pairs of eyes (Dorvillea spec.; Arabella iricolor),
the more anteriorly located pair of eyes resemble those of species with one pair of eyes in
topology (Figure 11). The posteriorly located pair of eyes is smaller than the anterior pair
of eyes (Figure 11B,E). In Dorvillea spec. the posterior pair of eyes is located dorsally to the
lateral antennae (Figure 1F), while the posterior pair of eyes of A. iricolor can be found in an
equivalent position (Figure 1G). In some of the studied specimens (A. iricolor, L. torquata)
additional small eyes of the same type can be found next to the “regular” eyes (Figure 11B).
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Figure 10. Anatomy and innervation of buccal lips. Ventral view of the prostomium (A,B). His-
tological cross sections (5 μm, AZAN) (D,E). (A) Paired buccal lips (bl) of Leodice torquata. (B) In
Hyalinoecia tubicola two pairs of buccal lips are present—one pair of dorsal buccal lips (dbl) and one
pair of ventral buccal lips. Additionally, one pair of accessory buccal lips (abl) are present. (C) In
Arabella iricolor buccal lips are absent. (D,E) Innervation of buccal lips (bl) in L. torquata. Buccal lips
(bl) are innervated by nerves (bln) originating from the ventral brain neuropil (vnp). The nerves run
along the cavity of the buccal lip (blc). abl = accessory buccal lips, bl = buccal lip, blc = coelomic
cavity of the buccal lip, bln = buccal lip nerve, dbl = dorsal buccal lip, dnp = dorsal brain neuropil,
mo = mouth opening, vbl = ventral buccal lip, vnp = ventral brain neuropil.

3.9.1. Inner Morphology of Eyes

The eyes of the examined Eunicida share the same inner structure. The microvilli of
the photoreceptor cells project into the eye cup, which is made up of pigmented supportive
cells (Figure 11A). The layer of pigmented supportive cells is surrounded by a dense layer
of photoreceptor cells (Figure 11A). In Marphysa spec., L. ninetta, L. torquata, H. tubicola and
Dorvillea spec. a cuticular invagination projects from the outer cuticle of the animal into the
eye (Figure 11A,B,C). In all these species—except for Marphysa spec.—this invagination
forms a lens-like structure inside the eye.
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Figure 11. Anatomy and innervation of the eyes. Histological cross sections (5 μm), AZAN stain-
ing (A,B), silver staining (C), 3D reconstructions (D,E). (A) Paucibranchia bellii. The eye is composed
of a lens-like structure (lls) in the inner, covered by a layer of sensory microvilli (smv), pigmented
supportive cells (psc), and photoreceptor cells (prc). Unpigmented sensory cells (usc) and microvilli
(mv) cover the lens-like structure as the uppermost layer. The eye is situated basally to the epidermis
(ep). A cuticular channel (cuc) can be identified projecting from the cuticle (cu) into the eye. The
eye is innervated by an optical nerve (on) originating from the brain (np). The optical nerve (oc)
splits next to the eye into minor nerves. (B) Arabella iricolor. Two pairs of eyes are present, the
ventral one being bigger than the dorsal one. Both eye pairs are innervated by one optical nerve
(on), respectively. (C,D) Lysidice ninetta. In the brain (np), the optical nerves are connected by an
optical commissure (oc). (E) Arabella iricolor. Two optical commissures can be differentiated in the
brain (np)—an anterior optical commissure (aoc) connects the optical nerves of the more ventrally
located pair of eyes and a posterior optical commissure (poc) connects the optical nerves of the more
dorsally located pair of eyes. ae = additional eye, aoc = anterior optical commissure, cu = cuticle,
cuc = cuticular channel, dn = dorsal nerve, ep = epidermis, ey = eye, lan = lateral antenna nerve,
lls = lens-like structure, man = median antenna nerve, mv = microvilli, no = nuchal organ,
np = neuropil, on = optical nerve, poc = posterior optical commissure, prc = photoreceptor cell,
psc = pigmented sensory cell, smv = sensory microvilli, usc = unpigmented sensory cells.
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3.9.2. Innervation of Eyes

Each eye is innervated by one distinct optical nerve, which splits into fine nerves
next to the eye (Figure 11A,B,E). The optical nerves fuse in the brain by forming an optical
commissure (Figure 11C–E). In species possessing one pair of eyes, one optical commissure
is present (Figure 11C,D), in species possessing two pairs of eyes two optical commissures
are present (Figure 11E). The optical commissure connecting the more anteriorly located
pair of eyes is positioned anteriorly to the second optical commissure as well as the dorsal
commissure of the dorsal root of the circumoesophageal connectives (dcdr) (Figure 11E).

3.10. Nuchal Organs

All species studied possess a nuchal organ. The nuchal organ invaginates from the
dorsal surface right behind the median antenna—if present—building either an unpaired
or a paired ciliated cavity, the latter having separate openings. The shape of the nuchal
organ can vary between families. The unpaired nuchal organ is either arc- or x-shaped
(Figure 12A–C,F–I,L, Table 1), while the paired nuchal organ can be a simple invagination or
an elaborate branching structure (Figure 12D,E,J,K, Table 1). All nuchal organs end blindly.

3.10.1. Morphology of Nuchal Organs

Nuchal organs share a similar composition among the species studied. A relatively
thick layer of cuticle lines the nuchal cavity (Figure 12A–F) and patches of cilia extend into
the nuchal cavity perforating the cuticle (Figure 12B,D). Two patches of cilia can be found in
the paired as well as in the unpaired nuchal organ. In the arc-shaped nuchal organs, these
ciliary patches are located on the ventral side of the nuchal organ (Figure 12A,B,H,I). In the
branched and x-shaped nuchal organs, the ciliary patches are located in the dorsal branches
of the nuchal cavity (Figure 12E,F,K,L). In all nuchal organs, the ciliary patches originate at
the lateral sides of the nuchal cavity. More posteriorly, the ciliary patches enlarge until the
basal side of the nuchal organ is covered nearly completely with cilia (Figure 12B). Only a
small area in the middle of the basal side is not covered with cilia (Figure 12B). The ciliary
patches can be everted into the nuchal cavity (Figure 12B).

3.10.2. Innervation of Nuchal Organs

Innervation of the ciliary patch cells is provided by fine nerves present in the tissue
ventrally to the nuchal organ (Figure 12B,E–G). These fine nerves bundle in the paired
nuchal organ nerves, which originate from the posterior-most part of the dorsal brain
neuropil (Figures 2G and 12E,F,M,O). No nuchal commissure was observed in the brain
neuropil. Adjacent to the nuchal organ nerve, intermediate filaments of glial cells are
present. Longitudinal and transversal musculature attaches at the lateral ends of the nuchal
organ proceeding in the ventral direction until reaching the oesophagus. The nuchal
cavity ends approximately at the height of the oesophagus and only musculature attaching
posteriorly to the nuchal organ is still present. The ciliated patches of L. unicornis are
covered by an orange-coloured layer in the AZAN-stained sections—possibly a secretion
of gland cells.

3.10.3. Shape Differences of the Nuchal Organ

Regarding the shape of the nuchal organ, the following clusters can be found. The
examined specimen of Eunicidae and Onuphidae possess an unpaired, arc-shaped nuchal
organ (Figure 12A–C,H,I). The nuchal organ of Dorvillea spec. is a paired, simple in-
vaginated structure (Figure 12D,J), A. iricolor possesses a paired, branched nuchal organ
(Figure 12E,K,M,N) and the examined representatives of Lumbrineridae possess an un-
paired, x-shaped nuchal organ (Figure 12F,L,O, Table 1).

134



J. Mar. Sci. Eng. 2022, 10, 1707

Figure 12. Nuchal organs. Histological cross sections (5 μm) stained in AZAN (A–G) and immuno-
histochemically stained section (60 μm) (H). Schematic drawings (I–M), 3D reconstructions based on
histological sections (N–P). (A) Paucibranchia bellii, unpaired, arc-shaped nuchal organ. (B) Lysidice
ninetta, unpaired, arc-shaped nuchal organ. (C) Hyalinoecia tubicola, unpaired, arc-shaped nuchal
organ. (D) Dorvillea spec., paired nuchal organs. (E) Arabella iricolor, paired, branched nuchal organ.
(F) Scoletoma tetraura, unpaired, x-shaped nuchal organ. (G) L. ninetta, nuchal organ nerves (non)

135



J. Mar. Sci. Eng. 2022, 10, 1707

emanating from the brain (np) and innervating the nuchal organ. (H,I) Unpaired, arc-shaped nuchal
organ in Eunicidae and Onuphidae. (J) Paired nuchal organ of Dorvillea spec. (K) Paired, branched
nuchal organ of Oenonidae. (L) Unpaired, branched nuchal organ of Lumbrineridae. (M) Topology of
the paired, branched nuchal organ in A. iricolor, lateral view. The nuchal organ (no) is located dorsally
to dorsal brain neuropil (dnp) and is innervated by nerves (non) emanating from the posterior
part of the brain. (N) Topology of the paired, branched nuchal organ in A. iricolor, dorsal view.
(O) Topology of the unpaired, branched nuchal organ in S. tetraura, lateral view. The nuchal organ
(no) is located dorsally to the posterior part of the dorsal brain neuropil (dnp). White arrow = cilia. ca
= caudal, cu = cuticle, cp = ciliary patch, d = dorsal, dnp = dorsal brain neuropil, ey = eye, fr = frontal,
m = musculature, nc = nuchal cavity, no = nuchal organ, non = nuchal organ nerve, np = neuropil,
v = ventral.

Some peculiarities occur in the nuchal organs of Dorvilleidae, Oenonidae and Lum-
brineridae. First of all, in Dorvillea spec. the nuchal cavities are interconnected anteriorly
and they are connected to ciliary patches located on the lateral sides of the prostomium.
Two of these ciliary patches are located on both sides of an elevation between the lateral
antenna and the palp. More anteriorly, the elevation shrinks and the two ciliated patches
fuse. In the posterior course, the more dorsally located ciliated patch is connected to the
nuchal organ of the respective side (Figure 12J).

In A. iricolor (Oenonidae), the nuchal cavities start as simple invaginations resembling
the arc-shaped condition of Eunicidae and Onuphidae but being separated. In the posterior
course, the cavities branch due to lateral eversions. The shape of the nuchal organs resem-
bles facing arrow heads (“>” “<”) at this point (Figure 12E,K). More posteriorly, the dorsal
and ventral branches split eventually, so that four branches are present ending blindly.

Representatives of Lumbrineridae (S. fragilis, S. tetraura) possess a single-grooved,
x-shaped nuchal organ (Figure 12F, Table 1). Similar to A. iricolor, the nuchal organ resem-
bles the arc-shaped condition only shortly after its invagination. At this point, the lateral
ends of the nuchal organ are enlarged building ciliated cavities already differing from the
condition in Eunicidae and Onuphidae. These enlarged chambers are covered by cilia,
while the remaining parts are covered by cuticles only. More posteriorly, the nuchal organ
branches and resembles an “x” in its shape (Figure 12F,L). The branches are still connected
to each other contrary to the condition in A. iricolor (Oenonidae). More posteriorly, the
nuchal organ is separated in the middle and ends blindly.

4. Discussion

4.1. Phylogenetic Significance of Sensory Organs in Eunicida

Sensory organs in Eunicida are quite diverse and show variations in number, shape,
and innervation. Therefore, it is possible to group certain characters (Table 2) and draw
homology hypotheses about their evolutionary origin.

A mapping of characters on the latest phylogenetic tree of Eunicida (based on
Tilic et al. [2]) delivers the following hypotheses (Figure 13):

1. Antennae, palps, two pairs of multicellular adult eyes, nuchal organs and lateral
organs seem to have already evolved in the common stem lineage of Eunicida. It is
most parsimonious to assume, that the stem species of Eunicida possessed two pairs of
multicellular adult eyes. In this scenario, a reduction of adult eyes took place indepen-
dently in Lumbrineridae (complete loss of adult eyes), Eunicoidae (reduction to 1 pair
of adult eyes) and Histriobdellidae (complete loss of adult eyes?). In the literature,
there is no report about eyes in Histriobdellidae, but according to Rouse et al. [1],
eyes may be present in Steineridrilus cirolanae (Führ, 1971). It can be assumed, that the
stem species of Eunicida possessed a roundish prostomium and that in Oenonoidea a
change of shape to a tapered, elongated prostomium occurred (Figure 13). This shift
concurs with the hypothesized change of lifestyle from epi- to endobenthic.
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Table 2. Character matrix. Depicted is the distribution of characters among the six studied families of
Eunicida. The presence of a character is indicated by “+”, while its absence (or reduction) is marked
with “-”. abl: accessory buccal lips, at: association tracts, dbl: dorsal buccal lips, ey: eye, la: lateral
antenna, lo: lateral organ, ma: median antenna, no: nuchal organ, pa: palp, pr: prostomium, vbl:
ventral buccal lips.

Tree Code Character Lumbrineridae Oenonidae Onuphidae Eunicidae Dorvilleidae Histriobdellidae

1 ma - - + + - +

2 la - - + + + +

3 pa - - + + + +

4 vbl - - + + - -

5 dbl - - + - - -

6 abl - - + - - -

7 ey - + 2 pairs + 1 pair + 1 pair + 2 pairs -

8 no + + + + + 2 pairs +

9 shape no unpaired,
x-shaped

paired,
branched

unpaired,
arc-shaped

unpaired,
arc-shaped paired, simple paired, simple

10 lo + + + + + +

11 at - - + + - ?

12 shape pr elongated,
tapered

elongated,
tapered roundish roundish roundish roundish

2. Antennae were reduced several times independently in Eunicida. A reduction of
antennae took place once in Oenonoidea (sensu Tilic et al. [2]) with Lumbrineridae
lacking antennae completely and Oenonidae having, at least in some species, rem-
nants of either antennae, e.g., in Oenone (Lamarck, 1818), or antennae nerves (dorsal
nerves), e.g., in Arabella iricolor. Dorsal nerves were observed by Zanol [20] in Schis-
tomeringos pectinata (Perkins, 1979) (Dorvilleidae) and based on the similar topology
and direction of nerves, she suggested a homology of dorsal nerves and median
antenna nerves. Our results are in accordance with this hypothesis. Generally, it
is assumed that nerves are attracted by the morphological structure (e.g., antennae)
instead of initiating the formation of the structure itself [32] making a reduction of
antennae even more plausible. Further, the median antenna was reduced completely
in Dorvilleidae and in some specimens of Eunicidae the lateral antennae were reduced,
e.g., in Nematonereis unicornis.

3. Palps are homologous structures among Eunicida. A complete reduction of palps
took place in Oenonoidea, supporting the sister group relationship of Lumbrineridae
and Oenonidae. All other eunicidan families possess palps in the ground pattern.
In some specimens of Eunicida palps have been reduced, e.g., in Lysidice ninetta and
Nematonereis unicornis. Similar to the morphology of eunicidan antennae, the palp
coelom as well as palp musculature are limited to the palpophore in most Eunicida.
This is an unusual condition when compared to palps of other annelids. The palp
coelom as well as the palp musculature are normally not limited to the palpophore
but extend all the way up until the tip of the palp. The only eunicidan palps observed
matching this pattern are those of Dorvillea spec.

4. Buccal lips are not homologous to palps due to differing innervation patterns. The
innervation of buccal lips was described by Orrhage [14] for Hyalinoecia tubicola: The
dorsal buccal lips are innervated by nerves emanating from the lateral parts of the first
ventral commissure of the ventral root of the circumoesophageal connective (vcvr1)
while the ventral buccal lips are innervated by nerves rooting laterally in the third
ventral commissure of the ventral root of the circumoesophageal connective (vcvr3).
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5. Buccal lips are an autapomorphy of Eunicoidea (sensu Tilic et al. [2]). In Eunicidae
solely one pair of ventral buccal lips is present, while in Onuphidae additionally, one
pair of dorsal buccal lips is present. In Hyalinoecia tubicola one pair of accessory buccal
lips was observed besides the paired dorsal and ventral buccal lips.

6. The shape of the nuchal organ can be used to infer phylogenetic relationships in
the studied Eunicida. Oenonoidea have a branched nuchal organ while the nuchal
organ of Eunicoidea is unpaired and arc-shaped. In Dorvilleidae nuchal organs were
duplicated. In Histriobdellidae the nuchal organ is a paired, simple structure. The
shape of the nuchal organ in the eunicidan ground pattern remains unresolved.

7. Association tracts can be regarded as an autapomorphy of Eunicoidea as long not
proven to be present in Histriobdellidae, too. Association tracts seem to be restricted
to species possessing three antennae and one pair of palps (=species belonging to
Eunicoidea), making it theoretically possible that association tracts might also be
present in Histriobdellidae (=possessing three antennae + one pair of palps). However,
in the histological serial section of Histriobdella homari we could not observe any
association tracts.

Figure 13. Characters mapped on the latest phylogenetic tree of Eunicidae (Tilic et al. [2]). Dotted
lines indicate unresolved phylogenetic positions: either Dorvilleidae and Histriobdellidae are a clade
and sister group to the remaining Eunicidae, or Histriobdellidae is a sister taxon to all remaining
Eunicidae. Numbers code for characters listed in the character matrix (see Table 2).

4.2. Is the Brain shape Influenced by Sensory Structures?

The central nervous system of all examined Eunicida concurs with descriptions of the
general annelid neuroanatomy [10,13,15,29,32,37]. Differences occur only in the condensed
oesophageal ganglion of Arabella iricolor (Oenonidae): here, the oesophageal ganglion is
much more prominent than in all other species investigated. It is additionally connected
via commissures to the circumoesophageal connectives. Due to the condensed oesophageal
ganglion, the brain of A. iricolor does not form a similar-shaped ring around the stomato-
gastric cavity as in all other examined species.

The brain shows a consistent morphology among the species studied: A dorsal and
ventral brain neuropil can be distinguished topologically, separated by an intracerebral
cavity [26,29]. As in other polychaetes, the brain can be defined as the frontal-most mass
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of neuropil surrounded by somata and can be interpreted as a “single entity” as already
Malaquin [38] stated in his argumentation for an unsegmented brain [14]. The general
brain anatomy is not affected to a great extent by sensory structures. Deviations occur only
on a microanatomical level in the presence of sensory commissures, association tracts and
lateral neuropils.

4.2.1. Optical Commissure

Species bearing one pair of eyes possess one optical commissure (Eunicidae, Onuphi-
dae). Species with two pairs of eyes possess two optical commissures (Oenonidae,
Dorvilleidae)—an anteriorly located one (aoc) and a posteriorly located one (poc). In
Dorvillea spec. only the insertion points of the optical nerves could be observed and not
the complete commissure due to an oblique cutting plane. The presence of an optical
commissure was reported by Zanol [29] for Dorvilleidae only. The optical commissures
are located dorsally in the brain and anteriorly to the dorsal commissure of the dor-
sal root of the circumoesophageal connective (dcdr) in all species investigated, which
concurs with the findings of Orrhage and Müller [13].

4.2.2. Nuchal Commissure

A commissure of the nuchal organ nerves as Orrhage and Müller [13] and Zanol [29]
reported, was not observed in any eunicidan specimen examined. The nuchal organ is
innervated by nerves originating from the posterior-most part of the dorsal brain neuropil
as typical for other annelids [13,29,39,40].

4.2.3. Association Tracts

Association tracts were found in species bearing five head appendages (Eunicidae,
Onuphidae), while in species lacking head appendages (Oenonidae, Lumbrineridae) as-
sociation tracts are not present. Interestingly, we did not observe any association tracts
in Dorvilleidae (four head appendages). Together with the fact, that further studies on
association tracts in Dorvilleidae are lacking, it could be assumed that association tracts
might be an autapomorphy of Eunicoidea. Binard and Jeener [26] and Zanol [29] for ex-
ample reported association systems (sensu Orrhage [14]) for Eunicidae and Onuphidae
only—in Dorvilleidae, Zanol [29] did not find an association system. The association system
is an anteriorly located structure composed of small cells [29] connected to association
tracts. So, the association system seems to be involved in the processing of sensory stimuli
transmitted by association tracts and in a further sense by head appendages. In our study,
we observed anteriorly located areas of circularly arranged neurite bundles (atmla), in
which the association tracts of the median and the lateral antennae anastomose. These
areas might be association tracts on their own. If these areas concur with the association
system sensu Orrhage [14] is a matter of debate—e.g., we did not observe a composition
of small cells. At least in topology and the connection to association tracts both structures
concur—presumably also in function as processors of sensory stimuli received by head
appendages. We found the atmla only in species of Eunicoidea with five head appendages.
Species with less than five head appendages belonging to Eunicidae (Lysidice unicornis,
Lysidice ninetta) show neither a distinct atmla nor distinct association tracts in the histo-
logical sections. However, in L. ninetta one possible association tract was observed (one
of the minor nerve roots of the lateral root of the lateral antennae nerve). Whether this
observation consolidates a general difference in microanatomical processing of sensory
stimuli received by head appendages between Eunicoidea and Dorvilleidae is a matter
of debate. Clearly stated can be, that innervation patterns are more complex in species
bearing five head appendages (Eunicoidea).

The number of association tracts found among the different species in this study is
mostly in accordance with the pertinent literature [14]: In Eunicoidea one pair of association
tracts is connected to the median antenna and in Onuphidae one pair of association tracts
is linked to the lateral antennae, respectively. For the lateral antennae of Eunicidae, we
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found—contrary to the report of Orrhage [14] of one pair of association tracts—two pairs
of association tracts. The additional lateral association tracts seem to anastomose with the
ventrally located commissure (vc) in the dorsal brain neuropil of Eunicidae, resembling the
dorsal fibril mass (dfm) of the schematic drawing of Orrhage [14] of H. tubicola. The other
pair of lateral association tracts fuse with the pair of median association tracts, more or less
similar to the drawing of Orrhage [14].

The presence of palps does not affect brain anatomy in Eunicida: no special brain
compartments, commissures or tracts associated with palps were observable inside the
brain neuropil. Sensory information gained by palps seems to be processed somewhere
in the drcc and the vrcc—the commissures the palp nerves originate from. In contrast
to conditions found in Polynoida and Nereididae [12,41–43], where each palp nerve is
associated with mushroom body neuropil, palp nerves are not associated with mushroom
bodies in Eunicida.

4.2.4. Lateral Neuropils

Another characteristic shared by the studied representatives of Oenonoidea is the
paired lateral neuropils, which are lacking in Eunicoidea and Dorvilleidae. The lateral neu-
ropils may further support the clade Oenonoidea. The lateral neuropils are interconnected
via a tract in the brain neuropil, and in A. iricolor, the dorsal nerves originate from this
tract. Further neuronal connections revealing the function of the lateral neuropils were not
observed. A pair of lateral neuropils (called “dorso-ventral neuropil”) anteriorly in the
brain of Eunicidae, Dorvilleidae, Oenonidae and Lumbrineridae (except for Onuphidae)
was also observed by Zanol [29]. This structure seems not to match the neuropils we
observed in Oenonidae and Lumbrineridae, since Zanol [29] described these neuropils as
connecting the dorsal and ventral neuropils via several connections (dorsal fibril mass,
dorsal commissure of the ventral root of the circumoesophageal connective, first ventral
commissure of the ventral root of the circumoesophageal connective). Neither we observed
lateral neuropils in other taxa than Oenonidae and Lumbrineridae nor we saw it connecting
dorsal and ventral neuropil via the given connections. However, the lateral neuropils as
well as Zanol’s dorso-ventral neuropils resemble polychaete mushroom bodies partially
in shape and composition. Already Hanström [12] compared the small and chromatin-
rich “Ganglienzellen” occurring in high amounts in the anterior region of the brains of
Eunice norvegica (Linnaeus, 1767), Hyalinoecia tubicola and Diopatra cuprea (Bosc, 1802), with
the cells of the corpora pedunculata. The presence of mushroom body-like structures in
polychaete taxa was discussed already in the former literature [12,34,43] and it was pointed
out, that mushroom body-like structures may be present in Eunicida [12]. However, the cur-
rent literature (e.g., [1]) states that mushroom bodies are not present in Eunicida referring
to the study of Bullock and Horridge [44]. The mushroom body-like structures in Eunicida
might be remnants of mushroom bodies if a reduction is hypothesized. Since Phyllodocida,
e.g., Nereis diversicolor, possess distinct mushroom bodies [42,43], a secondary reduction of
mushroom bodies in Eunicida is not unlikely.

Regarding the presence of prominent neuropil areas such as the dorso-ventral neuropil
and the lateral neuropils of Oenonidae and Lumbrineridae, the question arises, if these
neuropils serve as compensators for lacking senses, e.g., of antennae, palps, eyes etc.
Studies on this topic were conducted by von Haffner in 1962 [11]. His studies are based on
a topographical tripartition of the brain using sensory organs as markers for the different
areas (fore-brain = “palps” (=nowadays buccal lips), mid-brain = antennae and eyes, hind-
brain = nuchal organ). Von Haffner [11] compared the size of the brain areas among
Eunicida and proposed, that the extended hind-brain is associated with the extended
nuchal organs in Oenonidae and Lumbrineridae. He deduced that the extension of both
structures compensates for the missing sensory input of antennae and palps. Although
we clearly saw shape differences and a generally bigger surface of the nuchal cavity in
Oenonoidea when compared to the remaining Eunicida, we did not observe an extended
posterior brain area (=hind-brain) in these taxa. Since the brain appeared as a continuous
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mass of neuropil in our study, we did not separate the brain according to Racovitza [45].
The only differentiation we applied was the distinction between a dorsal and a ventral
neuropil. Both neuropils have equal sizes among the different species studied regardless of
the number of prostomial sensory organs. Together with the fact, that we did not observe
tracts connecting the nuchal organs with these neuropils, there is no reason to assume a
compensational function of both neuropils in this aspect.

According to Zanol [29], shape differences in the brain occur among the families of
Eunicida—especially in Onuphidae. She reports a different topology of the intracerebral
cavity in Onuphidae (placed between the vcvr1 + vcvr2 and the vcvr3 + vcvr2) when
compared to Eunicidae, Dorvilleidae, Oenonidae and Lumbrineridae (placed between the
dcvr and the vcvr1). Furthermore, she observed an x-shaped connection in Onuphidae
(between the vcvr1 + vcvr2 and the dcvr), which is lacking in the other families. Since
our study focussed methodically on paraffin histology, the view we had on the brain
differs from that of Zanol’s immunohistochemical studies, e.g., we did not clearly see all
commissures of the roots of the circumoesophageal connectives and with this, we did not
see different topologies of the intracerebral cavity or the x-shaped connection. Further, we
did not recognize shape differences in the brains of Onuphidae and Eunicidae, but it must
be considered, that we studied one adult specimen of Onuphidae (Hyalinoecia tubicola).
Zanol [29] studied Onuphis (Nothria) iridescens (Johnson, 1901) for ventral dissection and
sagittal cuts, and juveniles of Kinbergonuphis simoni (Santos, Day and Rice, 1981), so that
species-specific differences or age effects can not be excluded. So, again brain morphology
supports the clades Eunicoidea on the one-hand side and Oenonoidea on the other. The
general brain anatomy of Dorvilleidae seems to be identical to Eunicidae and Onuphidae.

The general brain morphology seems not to be affected by the number of prosto-
mial sensory organs because although differences in the shape of the brain might occur
among the different families, they do not seem to be related to the number of prostomial
sensory organs.

4.3. Phylogenetic Significance of Nerve Roots

Equal numbers and positions of nerve roots among the different families suggest a
close relationship between Eunicidae and Onuphidae. The number of nerve roots is the
same for the median antenna (4 main nerve roots) [13] as well as the palps (3 main nerve
roots) in these taxa. In our study, the number of nerve roots of the lateral antennae differs
among the families: while four nerve roots are present in Eunicidae, only two nerve roots
were observed in Hyalinoecia tubicola. If this number is applicable to the complete clade of
Onuphidae has to be evaluated by studying more specimens. It could be hypothesized that
age effects may play a role, so that definitive innervation patterns may become apparent
in the adult stage only. For example, Zanol [29] reported that juveniles of Eunicidae lack
adult characters such as palps and lateral antennae and it could be suggested, that their
innervation is not fully developed yet. Still, the specimen of H. tubicola we investigated
seems to have already reached the adult stage as the remaining species studied. As the
examined representatives of Onuphidae, Dorvilleidae lack minor nerves in the lateral
antennae, so here also only two main nerve roots are present [29].

The palps of the examined Dorvilleidae differ in inner morphology as well as inner-
vation from palps of other taxa as well as antennae of the same taxon. Dorvilleid palps
are innervated by two distinct main nerves and possess a coelomic cavity and muscu-
lature extending from the palpophore to nearly the tip of the palpostyle. Whether this
construction has a special function can only be speculated. Together with the exceptional
innervation pattern, the differing inner palp morphology may support the phylogenetic
placement of Dorvilleidae as a clade outside of Eunicoidea and Oenonoidea as proposed
by Tilic et al. [2]. Whether Dorvilleidae forms a clade together with Histriobdellidae has
still to be evaluated. According to Orrhage and Müller [13] and Purschke et al. [37], up
to twelve different palp nerve roots can be present in Annelida, but until now no taxon
studied possessed all twelve palp nerve roots [13,37]. The palp nerve roots we observed
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are the two thick main palp nerve roots originating from the drcc and the vrcc and some
minor nerve roots (see Purschke et al. [37]).

4.4. Ecological Significance of Sensory Organs in Eunicidae

Antennae and palps are both presumably used to recognize prey in Eunicida. Eu-
nice aphroditois (Pallas, 1788), commonly referred to as bobbit worm, for example, is an
ambush predator and hides in the sediment—only its frontal part reaching out into the
water column [46]. If potential prey gets accidentally in contact with the head appendages,
the worm will capture it with its jaws. In endobenthic forms such as Oenonoidea head
appendages and eyes are reduced in most species, which concurs with their lifestyle: in
an endobenthic environment, the sensory function of head appendages, as well as optical
senses, are of no great use. Generally, reductions are common in taxa-shifting lifestyles from
epi- to endobenthic [47]. Small, interstitial eunicids as commonly found in Dorvilleidae
(e.g., Neotenotrocha) may have reduced head appendages as well as innervation patterns
due to progenesis [6,48]. Extreme differences in body sizes can frequently be observed in
Eunicida, which are accompanied by different feeding modes and lifestyles: Small intersti-
tial dorvilleids (1 mm) for example are microphagous “grazing” on algae and biofilms with
their jaws (comparable to the radula of gastropods), while larger representatives, such as
Eunice aphroditois (3 m), are macrophagous and predatory [49].

In the predatory Oenonoidea, the nuchal organ has a crucial function in detecting prey
in this taxon. Von Haffner [11] hypothesised that the nuchal organ balances the missing
sensory input of head appendages and eyes. In his studies, he theoretically separated the
brain of Eunicida into different parts: a fore-brain, the mid-brain and a hind-brain. Based
on this concept, he inferred, that the hind-brain in Lysidice ninetta and Nematonereis unicornis
is bigger than in species bearing more head appendages. For Scoletoma (Lumbrineris) fragilis,
he reported more prominent nuchal ganglia. We did not observe an extended posterior
brain part or prominent nuchal commissures in any specimen.

While the surface of the nuchal cavity seems to be enlarged through foldings (x-shape)
in the studied specimens of Oenonidae and Lumbrineridae, the receptive, ciliated surface is
not enlarged when compared to the arc-shaped nuchal organs of Eunicoidea. Considering
that in the examined specimens of Eunicoidea and Oenonoidea overall two ciliary patches
of similar size are present, it could be assumed, that sensitivity of the nuchal organs is
similar among these species. In contrast to this, the nuchal organs of Dorvillea spec. contain
overall four ciliary patches—it shows a duplication of the common two ciliary patches.
Here, the ventrally, laterally and dorsally located openings of the nuchal cavities may direct
the water current directly onto the respective ciliary patch. This might enable Dorvillea spec.
to detect the direction of, e.g., chemical cues ([39] for Saccocirrus species).

Lateral organs are present in every specimen of Eunicida and are regarded as charac-
teristics belonging to the eunicidan ground pattern [4,37,50,51]. Generally, lateral organs
are described as ciliated pits or papillae located between the noto- and the neuropodium
in polychaetous annelids [4,52]. In our study, all lateral organs are based on the ventral
side of the dorsal cirrus of the notopodium or an equivalent position in taxa lacking a
notopodium, e.g., Lumbrineridae and Histriobdellidae. Additional differences in mor-
phology of lateral organs occur in Hyalinoecia tubicola (Onuphidae) and Arabella iricolor
(Oenonidae): here, the lateral organs are not only covered by cilia but also by microvilli.
Moreover, the cilia of the lateral organ of Ophryotrocha siberti are longer than the ones in the
remaining specimens studied. These characters support the hypothesis of species-specific
morphologies of lateral organs in Eunicida. Hayashi and Yamane [53] reported differences
in the histology of lateral organs of Marphysa sanguinea (Montagu, 1813) (Eunicidae) and
Scoletoma (Lumbrineris) longifolia (Imajima and Higuchi, 1975) (Lumbrineridae) suggesting
these to be species-specific.
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4.5. High Metabolic Rate of the Brain

Regardless of the different lifestyles (endobenthic, epibenthic), the brain of the studied
eunicidans exhibits the same indicators for a high metabolic rate. Blood vessels traverse
the brain frequently indicating a high metabolic activity as typical for errant annelids.
Moreover, three different kinds of neuronal somata surround the brain of the different
species studied. Type one neurons are most abundant as typical for annelids [54]. Somata
of type two and type three neurons generally contain densely arranged endoplasmatic
reticula indicating a high metabolic rate [54]. Further, the high abundance of dense and
lucent core vesicles in the brain neuropil indicates a high synaptic activity [34]. A high
metabolic rate is a prerequisite for processing diverse sensory stimuli and for a predatory
lifestyle. In all species examined these indicators (blood vessels, three types of neuronal
somata, endoplasmatic reticula, dense and lucent core vesicles) can be found in the same
abundancy and arrangement regardless of the number of prostomial sensory organs or
lifestyle, which hint at a conserved status of these parameters.

4.6. Answers to Initial Questions

1. Is the brain morphology affected by different numbers and shapes of prostomial
sensory organs? The gross brain morphology is not affected by the number and shape
of sensory organs, but the microanatomy may be affected in terms of commissures
and tracts (e.g., association tracts, optical commissures).

2. Do similar numbers and shapes of prostomial sensory organs hint at close phyloge-
netic relationships among different eunicidan taxa? Yes, if characters are mapped to
the latest phylogenetic tree (see Table 2 and Figure 13, e.g., the clades Eunicoidea, as
well as Oenonoidea, can be supported.

3. How can head appendages (antennae and palps) as well as buccal lips be differen-
tiated? Differentiation is performed via innervation patterns: Antennae are solely
innervated by nerves emanating from the drcc [13,14]. Palps are innervated by two or
more nerve roots originating from the dorsal root of the circumoesophageal connec-
tive (drcc) and the ventral root of the circumoesophageal connective (vrcc) and their
commissures [13]. Buccal lips are innervated solely by the ventral brain neuropil.

5. Conclusions

The gross morphology of the central nervous system is not influenced by the number
of prostomial sensory organs and seems to be conserved among Eunicida when compar-
ing only major components. When taking a closer look at more detailed morphologies,
plasticity appears consolidating in apparent similarities between the studied specimens
of Eunicidae + Onuphidae on the one-hand side and Oenonidae + Lumbrineridae on the
other-hand side. Prostomial sensory organs shape the microanatomy of the brain in the
studied representatives of Eunicidae and Onuphidae in a similar manner in terms of com-
missures and tracts. Further, the prostomial sensory organs such as antennae, palps, buccal
lips, eyes and especially nuchal organs of both taxa occur in characteristic numbers and
morphologies. In contrast to this, the studied representatives of Oenonidae and Lumbrineri-
dae lack most of these prostomial sensory organs and the related commissures. Still, nuchal
organs are present and based on a similar morphology, they could hint at a close relation-
ship between Oenonidae and Lumbrineridae. Further, the presence of lateral neuropil
areas and the dorso-ventrally extended brain shape could be used as further indicators
for this relationship. When extrapolating the data gained in this study from species level
to family rank, our data concur with the phylogeny of Eunicida proposing a sister group
relationship of Eunicidae + Onuphidae (Eunicoidea) and Oenonidae + Lumbrineridae
(Oenonoidea) [2]. In this phylogeny, Dorvilleidae builds a clade outside of Eunicoidae and
Oenonoidea, which can be supported by the results gained in this study. If Dorvilleidae
forms a clade together with Histriobdellidae has still to be evaluated. The dorsal nerves of
Arabella iricolor could be homologized with nerves innervating antennae in Eunicidae and
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Onuphidae and—supported by equivalent observations in Dorvilleidae by Zanol [29]—it
could be hypothesized that a reduction of antennae might have taken place.

Supplementary Materials: The following supporting information can be downloaded at: https://www.
mdpi.com/article/10.3390/jmse10111707/s1, Table S1. Specimens used in this study, sampling locality
and methods applied. Overall 13 specimens of Eunicidae, 3 specimens of Onuphidae, 5 specimens
of Dorvilleidae, 2 specimens of Oenonidae, 4 specimens of Lumbrineridae and 2 specimens of
Histriobdellidae were used. cLSM: confocal laser scanning microscopy, LM: light microscopy, TEM:
transmission electron microscopy, SEM: scanning electron microscopy; Table S2. Terminology of head
appendages and buccal lips over time; Table S3. Links for downloading complete image stacks of the
examined specimens.
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