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Preface to ”Parasites and Wildlife”

In a changing world, most emerging infectious diseases have been propagated from the

wilderness to anthropized areas. Today, research on parasites that may affect the biology and

population equilibrium of their hosts is of major interest, especially when a One Health perspective

is considered.

The present Special Issue aims to provide a collection of comprehensive investigations falling

within several areas of interest, such as epidemiology, diagnosis, emerging zoonoses, food safety,

conservation issues, parasite–host interactions, and pathology, in infections caused by parasites in

wild host species.

Rafael Calero-Bernal and Ignacio Garcı́a-Bocanegra
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Editorial

Parasites and Wildlife

Rafael Calero-Bernal 1,* and Ignacio García-Bocanegra 2,*

1 Salud Veterinaria y Zoonosis (SALUVET), Department of Animal Health, Faculty of Veterinary,
Complutense University of Madrid, 28040 Madrid, Spain

2 Grupo de Investigación en Sanidad Animal y Zoonosis (GISAZ), Departamento de Sanidad Animal,
UIC Zoonosis y Enfermedades Emergentes ENZOEM, Universidad de Córdoba, 14014 Córdoba, Spain

* Correspondence: r.calero@ucm.es (R.C.-B.); nacho.garcia@uco.es (I.G.-B.)

Macro and micro-parasites are integrated into ecosystems worldwide and are con-
sidered important elements of biodiversity. Close relationships between parasites and
vertebrate hosts cause evolutionary changes in each, which are sometimes driven by the
heterogeneity of elements composing the ecosystems. Knowledge of parasites affecting
human, domestic, and wild animal species requires, therefore, a deep understanding of
the complex network created by the interactions between these pathogens, host species,
and ecosystems. Nowadays, researchers face the challenge of studying the unpredictable
change of these interactions as consequences of natural and anthropic disequilibrium.

In a changing world, most transboundary diseases have been propagated from the
wilderness to anthropized areas. During the last decades, societies are increasingly con-
cerned about the relevance of wildlife as a fundamental part of Global Health. In this
respect, research on parasites that may affect the biology and population equilibrium of
wildlife is of major interest, especially when a One Health perspective is considered.

The present Special Issue “Parasites and Wildlife” was aimed at providing a collection
of comprehensive investigations falling within a number of areas of interest such as epi-
demiology, diagnosis, emerging zoonoses, food safety, conservation issues, parasite–host
interactions, and pathology in infections caused by parasites in wild host species.

In sum, eight articles, two communications, and two brief reports from over 103 authors
based in field areas of nine countries have been compiled. The pretended international
dimension of the proposal was achieved given the fact that 44 institutions from 18 countries
were involved (Figure 1a). Investigations were focused on 51 wild, including avian and
mammal, host species and were focused on several topics represented by the keywords
summarized in Figure 1b.

Figure 1. (a) Worldwide research institutions (n = 44) from 18 countries participating in the inter-
disciplinary Special Issue on Parasites and Wildlife. (b) Word cloud with the keywords utilized by
each research paper. Brazil (n = 2): University of São Paulo, University Santo Amaro; Chile (n = 2):
Universidad de Chile, Universidad de Concepción; China (n = 3): Guizhou University, Provincial Key
Laboratory for Agricultural Pest Management in Mountainous Region, Dali University; Denmark

Animals 2023, 13, 628. https://doi.org/10.3390/ani13040628 https://www.mdpi.com/journal/animals1
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(n = 3): University of Copenhagen, Technical University of Denmark, Statens Serum Institut; Estonia
(n = 2): Estonian Veterinary and Food Laboratory, Estonian University of Life Sciences; Finland
(n = 1): University of Helsinki; Germany (n = 2): Leibniz Institute for Zoo and Wildlife Research,
Freie Universität Berlin; Hungary (n = 2): University of Veterinary Medicine, Centre for Agricultural
Research; Iceland (n = 1): Icelandic Institute of Natural History; Italy (n = 5): Istituto Zooprofilattico
Sperimentale del Piemonte, Liguria e Valle d’Aosta, Local Veterinary Services in Imperia, University
of Siena, University of Teramo, Local Veterinary Services in Asti; Lithuania (n = 2): Vytautas Magnus
University, Nature Research Centre; Mozambique (n = 1): Universidade Licungo; Poland (n = 1):
National Veterinary Research Institute; Senegal (n = 1): Jane Goodall Institute Senegal; Spain (n = 11):
Institutes of Health Carlos III, Jane Goodall Institute Spain, Complutense University of Madrid,
University of Las Palmas de Gran Canaria, Mundomar, Universidad de Córdoba, Universidad
de Castilla-La Mancha, Consejo Superior de Investigaciones Científicas, Universidad de Málaga,
Universidad San Pablo-CEU, Junta de Andalucía; Sweden (n = 1): Lund University; Switzerland
(n = 1): University of Zurich; USA (n = 3): Ohio State University, Department of Health and Human
Services, Food and Drug Administration, United States Department of Agriculture.

An overview of the research compiled according to the taxonomic organization and
complexity of the target organisms (fungi, protozoa, helminths, and arthropods) is pre-
sented below.

In recent years, investigations on protozoan parasites have significantly increased and
this is reflected in the present collection. Köster et al. [1] investigated, by means of molecu-
lar methods, the occurrence and genetic diversity of intestinal and blood protozoa as well
as filariae in faecal samples from wild chimpanzees (Pan troglodytes verus) in the Dindefelo
Community Nature Reserve, Senegal. Findings suggested that chimpanzees might play a
more complex role in the epidemiology of pathogenic and commensal fungal, protozoan,
and nematode species than initially anticipated, and two important facts contributed to the
interest of such research: (i) wild chimpanzee populations in West Africa have dramatically
decreased as a direct consequence of anthropogenic activities and infectious diseases, and
(ii) findings suggested potential cross-species transmission between wild chimpanzees
and humans in areas where both species overlap. Indeed, the presence of zoonotic Mi-
crosporidia was investigated by Martínez-Padilla et al. [2] in kidney samples of European
wild rabbit (Oryctolagus cuniculus) and Iberian hare (Lepus granatensis) consumed by hu-
mans in Spain. Molecular methods allowed the detection of Enterocytozoon bieneusi and
Encephalitozoon intestinalis but not E. hellem nor E. cuniculi. Despite the fact that the presence
of the above agents may pose a public health concern, additional studies are required to
define the frequency and characterize the real potential associated with zoonotic risk.

The group of Apicomplexan parasites have been extensively addressed in this Spe-
cial Issue. Prakas et al. [3] searched for the role of mustelids as definitive hosts in the
transmission of various Sarcocystis spp. in Lithuania. Intestinal scraping of five species of
mustelids was examined by molecular methods and four species of Sarcocystis including
the zoonotic S. hominis were detected. The study provided strong evidence that members
of the Mustelidae family serve as definitive hosts for Sarcocystis spp. using cattle as inter-
mediate hosts and raising important connections between carnivore wildlife and livestock.
In a similar line, Giorda et al. [4] investigated the presence of tissue cysts of an acknowl-
edged Sarcocystis-like organism in the brain and muscle of two stranded striped dolphins
(Stenella coeruleoalba) in the Ligurian coast of Italy. Non-suppurative meningoencephalitis
was associated with the presence of genetic variants that showed the highest homology to
Sarcocystis spp. infecting the Bovidae family. The present study added valuable information
on the complex epidemiology of the Sarcocystis genus. Evidence of sarcocystid infection
was also investigated by Acosta et al. [5] in three species of seabirds from Magdalena Island,
Chile. Findings of ITS1, 18S, and cox1 nucleotide sequences from muscle tissues of two
skuas, revealed closely related homologous sequences of Sarcocystis halieti, that is a species
found in seabirds of the northern hemisphere. Further studies are needed to understand
the epidemiology of the infection and its impact on the health of marine fauna.
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Barroso et al. [6] carried out a serosurvey to investigate the potential environmental
and host-dependent variables that may affect the prevalence of antibodies of the zoonotic
protozoan Toxoplasma gondii in wild boar (Sus scrofa), red deer (Cervus elaphus), and fallow
deer (Dama dama) present in the Doñana National Park, Spain. The high seroprevalence
values detected in the three wild ungulate species analyzed suggested that the complex in-
terplay of hosts and eco-epidemiological niches, along with the optimal climatic conditions
for the oocysts’ survival, may favor the spread of the parasite in its host community in the
study area. The concomitance of effects among the species indicated that relevant drivers
of risk operated at the community level.

The zoonotic character and the complex epidemiology of some helminthic genuses
motivates continuous research. In this context, Skrzypek et al. [7] investigated, by means
of molecular methods, the presence of the important zoonotic Echinococcus multilocularis
cestode in fecal samples of red foxes (Vulpes vulpes) from Poland. Two DNA extraction
methods were compared aiming at improving the sensitivity of the diagnostic assay. High
prevalence figures detected indicated the importance of the host in the life cycle of the
parasite. In addition, these figures implied that both extraction methods showed similar
efficiency in DNA isolation and dealing with inhibitors. The number of worms detected
in the intestines had no influence on the PCR results. Additional aspects related to the
degradation of genetic material potentially harming the reliability of the diagnostic methods
used on field-collected samples were highlighted.

Land-use changes are one of the most important drivers of zoonotic disease risk in
humans, including parasites of wildlife origin. The effect of this anthropogenic land-use
change on the parasitism (presence and prevalence) of intestinal helminths in wild rodents
was investigated by Riquelme et al. [8] in central Chile. Despite the fact that the overall
helminth prevalence was 16.95%, and some zoonotic species (Hymenolepis spp.) were
present, the effect of habitat type, native forests, and adult and young pine plantations,
the prevalence was not observed, while other factors, such as rodent species and season of
the year, were relevant to explain changes in helminth prevalence. Therefore, additional
investigations focused on habitat alterations and potential changes in parasitofauna are
encouraged. Kärssin et al. [9] carried out a survey on the presence of Trichinella spp. in
four wild free-ranging host species, including wild boars, brown bears, Eurasian lynxes,
and badgers, in Estonia. All four European Trichinella species, including non-encapsulated
T. pseudospiralis, were detected, and results indicated high infection pressure in the sylvatic
cycles across the years—illustrating the continuous risk of spillover to domestic cycles and
of transmission to humans.

Currently, the evolving arthropod populations and their impact as disease vectors
are undeniable. Yin et al. [10] investigated the potential host selection of the tropical
rat gamasid mite (Ornithonyssus bacoti) on different animal hosts and the distribution
in different environmental gradients in Yunnan Province of Southwest China. Different
parameters including mite abundance were evaluated in 15 host species including rodents
and other small mammals. In sum, the main reservoirs of O. bacoti were the synanthropic rat
species, Rattus tanezumi, and R. norvegicus, and along with the observed major distribution
in the flatland landscape and indoor habitats raises important questions on the impact on
the public and on the health of animals, as well as the interconnections of the sylvatic and
domestic life cycles of the mite. Two studies approached the occurrence of vector-borne
pathogens in mammal wild hosts; Hornok et al. [11] molecularly screened for vector-borne
protozoan parasites and bacteria potentially present in liver tissues of the only native
terrestrial mammal in Iceland, the arctic fox (Vulpes lagopus). In this pioneering study
in Europe, and considering the importance of the vector tick species Ixodes ricinus, only
DNA of Anaplasma phagocytophilum was detected. Results provide valuable information
as baseline data for comparison in the tfuture monitoring of the emergence of ticks and
tick-borne diseases, especially when considering the incoming warming climate and the
predictable increase of the presence of I. ricinus in the area. In addition, Mardosaitė-
Busaitienė et al. [12] investigated the role of the reservoir host of eight species of rodents for
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emerging Babesia microti in Lithuania. The remarkable prevalence of B. microti was detected
in the species investigated and parasites identified presented molecular homology with
zoonotic strains; in addition, a comprehensive ecological study allowed the identification
of a gradient of prevalences in different habitats compatible with the sustainability of the
life cycle.

Overall, the papers in this Special Issue reveal different perspectives of current research
on parasitic diseases and their relationship with the wildlife compartment; it is clear that it is
necessary to continue these field-based studies to unravel the intricate interactions between
pathogens and wildlife, livestock, and humans, confirming the three compartments of the
One Health approach.
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Simple Summary: Western chimpanzees are currently listed as a Critically Endangered subspecies.
Human encroachment has taken a toll on this great ape due to fragmented habitat and the exchange of
pathogens. This epidemiological study investigated the occurrence and genetic diversity of intestinal
and blood parasites in faecal samples from wild chimpanzees living in the Dindefelo Community
Nature Reserve, Senegal. We paid special attention to potential human-driven sources of infection
and transmission pathways. Potential diarrhoea-causing protist parasites (e.g., Cryptosporidium spp.,
Giardia duodenalis, Entamoeba histolytica) were detected at low infection rates (and densities) or absent,
whereas commensals (Entamoeba dispar) or protist of uncertain pathogenicity (Blastocystis sp.) were
far more abundant. We detected Sarcocystis spp. in chimpanzee faeces. Blood protist parasites such as
Plasmodium spp. and Trypanosoma brucei spp. (the etiological agents of malaria and sleeping sickness,
respectively, in humans) were also found at low prevalences, but microfilariae of the nematode
Mansonella perstans were frequently found. Molecular analyses primarily revealed host-adapted
species/genotypes and an apparent absence of gastrointestinal clinical manifestations in infected
chimpanzees. Zoonotic events of still unknown frequency and directionality may have taken part
between wild chimpanzees and humans sharing natural habitats and resources.

Abstract: Wild chimpanzee populations in West Africa (Pan troglodytes verus) have dramatically
decreased as a direct consequence of anthropogenic activities and infectious diseases. Little informa-
tion is currently available on the epidemiology, pathogenic significance, and zoonotic potential of
protist species in wild chimpanzees. This study investigates the occurrence and genetic diversity of
intestinal and blood protists as well as filariae in faecal samples (n = 234) from wild chimpanzees in
the Dindefelo Community Nature Reserve, Senegal. PCR-based results revealed the presence of in-
testinal potential pathogens (Sarcocystis spp.: 11.5%; Giardia duodenalis: 2.1%; Cryptosporidium hominis:
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0.9%), protist of uncertain pathogenicity (Blastocystis sp.: 5.6%), and commensal species (Entamoeba
dispar: 18.4%; Troglodytella abrassarti: 5.6%). Entamoeba histolytica, Enterocytozoon bieneusi, and Balan-
tioides coli were undetected. Blood protists including Plasmodium malariae (0.4%), Trypanosoma brucei
(1.3%), and Mansonella perstans (9.8%) were also identified. Sanger sequencing analyses revealed
host-adapted genetic variants within Blastocystis, but other parasitic pathogens (C. hominis, P. malariae,
T. brucei, M. perstans) have zoonotic potential, suggesting that cross-species transmission between
wild chimpanzees and humans is possible in areas where both species overlap. Additionally, we
explored potential interactions between intestinal/blood protist species and seasonality and climate
variables. Chimpanzees seem to play a more complex role on the epidemiology of pathogenic and
commensal protist and nematode species than initially anticipated.

Keywords: protists; non-human primates; endangered; conservation; PCR; genotyping; epidemiology;
zoonoses; seasonality

1. Introduction

Western chimpanzee populations (Pan troglodytes verus) have decreased by 80% be-
tween 1990 and 2014 in West Africa [1]. A combination of anthropogenic (agriculture,
poaching, extractive industries, infrastructure development, human-chimpanzee inter-
actions, lack of law enforcement) and natural (infectious diseases) threats are putting
chimpanzees at the brink of extinction [2]. The breaking down of natural barriers has
increased the likelihood of cross-species transmission of several zoonotic viral (rabies
virus, Herpes B virus, Ebola virus, Yellow fever virus), bacterial (Campylobacter jejuni,
enterotoxigenic Escherichia coli, Klebsiella pneumoniae, Streptococcus pneumoniae, Streptococcus
pyogenes, Staphylococcus aureus, Mycobacterium tuberculosis) and parasitic (Trypanosoma spp.,
Toxoplasma gondii, Babesia spp., Coccidia, nematodes, and cestodes) infections that pose a
threat both to endangered species (such as chimpanzees) and humans living nearby [3].

Little information is currently available on the epidemiology and potential health im-
pact of zoonotic intestinal and blood protist species in wild chimpanzee populations. These
include diarrhoea-causing intestinal protist species such as Cryptosporidium spp., Giardia
duodenalis, and Entamoeba histolytica [4–7], and the microsporidia Enterocytozoon bieneusi [8].
Other protist species have uncertain or limited pathogenic significance, such as the stra-
menopile Blastocystis sp. [9] or the ciliate Balantioides coli [10]. Non-pathogenic protists
species include Entamoeba dispar or the ape-adapted ciliate Troglodytella abrassarti [11]. Re-
garding blood parasites, malaria infections by at least seven Plasmodium species exhibiting
strict host specificity are known to circulate in African great apes [12]. Thus, Plasmod-
ium reichenowi, Plasmodium billcollinsi, Plasmodium billbrayi and Plasmodium gaboni infect
only chimpanzees, while Plasmodium praefalciparum, Plasmodium blacklocki and Plasmodium
adleri are restricted to gorillas. However, recent molecular studies have demonstrated that
transfer of Plasmodium from humans towards chimpanzees is possible under confinement
conditions [13], raising the question of whether cross-species transmission is also feasible
under natural environmental conditions. Similarly, wild chimpanzees have been demon-
strated to be suitable hosts for Trypanosoma brucei, the etiological agent of human and
animal African trypanosomiasis [14]. However, it should be noted that assessing the role of
non-human primates (NHP) in the epidemiology of Plasmodium and Trypanosoma parasites
is severely hampered by the intrinsic difficulty of obtaining blood and tissue samples from
the investigated animal populations, particularly in natural habitats. This issue is extensive
also to filarial nematode parasites, whose microfilarial stages are circulating in the blood
stream of the infected host. In this regard, DNA from Mansonella spp. has been identified
in chimpanzee faecal samples from Gabon and Cameroon [15].

The protist enteroparasites Cryptosporidium spp., G. duodenalis, Blastocystis sp., and
the microsporidia E. bieneusi exhibit extensive intra-species genetic diversity, allowing the
identification of several genotypes/subtypes with marked differences in host specificity
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and range. Cryptosporidium encompasses at least 45 valid species, with C. hominis and
C. parvum causing most of the infections reported in humans and NHP globally [16]. Giardia
duodenalis is currently regarded as a multi-species complex comprising eight (A to H) dis-
tinct assemblages, of which zoonotic assemblages A and B are commonly reported to infect
humans and other mammal species [17]. At least 25 subtypes (ST) have been identified
within Blastocystis sp., of which ST1–9 and ST12 have been reported in humans [18]. Finally,
more than 500 E. bieneusi genotypes have been defined and grouped in 11 phylogenetic
groups. Group 1 and Group 2 include most of the potentially zoonotic genotypes, whereas
the rest of the clusters display genotypes with strong host specificity [8].

Genotyping and subtyping methods are central in epidemiological studies to trace the
origin of infections, understand the circulation of the pathogen in particular populations
and geographical areas, provide information on transmission pathways, and assess the
occurrence and directionality of potential zoonotic events. Data from this molecular-based
epidemiological study aims to investigate the occurrence and genetic diversity of intestinal
and blood parasites in faecal samples from wild chimpanzees living in the Dindefelo
Community Nature Reserve (hereafter, Dindefelo) in Senegal, with special attention to
potential human-driven sources of infection and cross-species transmission pathways.

2. Materials and Methods

2.1. Study Area

We collected faecal samples in Dindefelo, located in the south-eastern part of the
Kedougou region, Senegal. This area is Sudano-Guinean woodland savannah mosaic
intermixed with agricultural fields [19,20]. This highly seasonal habitat has a long dry
season that lasts from November to May. Over 7000 people live in and around the reserve
in 14 villages and hamlets [21]. In this anthropogenic landscape, the chimpanzees compete
with the human population for food resources [22], making this area particularly well
suited for transmission dynamics studies between humans and wild chimpanzees. The
water scarcity during the dry season causes humans, livestock and wildlife, including
chimpanzees, to use some of the same water sources [19].

2.2. Sampling and Data Collection

We collected 234 fresh (<24 h old) faecal samples of wild chimpanzee living in sympa-
try with humans. We were helped by experienced local field assistants to opportunistically
identify and sample between November 2018 and March 2020. We obtained 5–10 g from the
centre of faeces with sterile cotton swabs and stored them in 70% ethanol for preservation
and transport to the lab. For each sample, we estimated the time in hours since defecation
and noted faecal consistency using the Bristol Stool Scale (BSS), ranging 1–7 [23]. Addition-
ally, we obtained daily rainfall data (GPM-3IMERGDF) [24] and surface air temperature
(AIRS3STD; AIRS Science Team) [25] estimates from satellite data and averaged them
across the 14,000 hectare study area. For rainfall data, we created a cumulative rainfall
variable by adding the precipitation data from the 10 days before sampling.

2.3. DNA Extraction and Purification

We isolated genomic DNA from about 200 mg of each faecal specimen of chimpanzee
by using the QIAamp DNA Stool Mini Kit (Qiagen, Hilden, Germany) according to the
manufacturer’s instructions, except that samples mixed with InhibitEX buffer were incu-
bated for 10 min at 95 ◦C. Extracted and purified DNA samples were eluted in 200 μL of
PCR-grade water and kept at 4 ◦C until further molecular analysis. We included a water
extraction control in each sample batch processed.

2.4. Molecular Detection of Cryptosporidium spp.

We assessed the presence of Cryptosporidium spp. using a nested-PCR protocol to
amplify a 587 bp fragment of the ssu rRNA gene of the parasite [26]. Amplification reactions
(50 μL) included 3 μL of DNA sample and 0.3 μM of the primer pairs CR-P1/CR-P2 in the
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primary reaction and CR-P3/CPB-DIAGR in the secondary reaction (Table S1). Both PCR
reactions were carried out as follows: one step of 94 ◦C for 3 min, followed by 35 cycles of
94 ◦C for 40 s, 50 ◦C for 40 s and 72 ◦C for 1 min, concluding with a final extension of 72 ◦C
for 10 min. Sub-typing of the isolates identified as C. hominis was attempted at the gp60
gene using the AL-3531/AL-3535 and AL-3532/AL-3534 primer pairs [27].

2.5. Molecular Differential Detection of Entamoeba histolytica and Entamoeba dispar

We carried out detection and differential diagnosis between pathogenic E. histolytica
and non-pathogenic E. dispar by a qPCR method targeting a 172 bp fragment of the gene
codifying the ssu rRNA gene of E. histolytica and E. dispar [28,29]. Amplification reactions
(25 μL) consisted of 3 μL template DNA, 12.5 pmol of the primer set Ehd-239F/Ehd-88R,
5 pmol of each specific TaqMan® probe (Table S1), and TaqMan® Gene Expression Master
Mix (Applied Biosystems). Detection of parasitic DNA was performed on a Corbett Rotor
GeneTM 6000 real-time PCR system (QIAGEN) using an amplification protocol consisting
of an initial hold step of 2 min at 55 ◦C and 15 min at 95 ◦C followed by 45 cycles of 15 s
at 95 ◦C and 1 min at 60 ◦C. We included molecular biology grade water (no-template,
negative Nzytech, Lisbon, Portugal) and genomic DNA (positive) controls in each PCR run.

2.6. Molecular Detection and Characterization of Giardia Duodenalis

We conducted G. duodenalis DNA detection using a real-time PCR (qPCR) method tar-
geting a 62 bp region of the gene codifying the small subunit ribosomal RNA (ssu rRNA) of
the parasite [30]. Amplification reactions (25 μL) consisted of 3 μL of template DNA, 0.5 μM
of each primer Gd-80F and Gd-127R, 0.4 μM of probe (Table S1), and 12.5 μL TaqMan® Gene
Expression Master Mix (Applied Biosystems, Waltham, MA, USA). Cycling conditions and
data analysis were as described above for the detection of E. histolytica/E. dispar.

We subsequently assessed G. duodenalis isolates that tested positive by qPCR by
sequence-based multi-locus genotyping of the genes encoding for the glutamate dehy-
drogenase (gdh) [31], β-giardin (bg) [32], and triose phosphate (tpi) [33] proteins of the
parasite. We conducted amplifications by semi-nested and nested PCR protocols using
specific primer pairs (Table S1).

2.7. Molecular Detection of Sarcocystis spp.

We detected Sarcocystis spp. by nested PCR amplifying a 550–600 bp fragment of
the ssu rRNA gene. Final volumes (25 μL) of reaction mixtures included 3 μL of DNA
sample and 0.4 μM of the outer Sgrau183/Sgrau182 and the inner Spri1/Spri2 primer
sets (Table S1). Cycling conditions were as follows: enzyme activation at 94 ◦C for 5 min,
followed by 30 cycles of 94 ◦C for 45 s, 59 ◦C for 50 s and 72 ◦C for 1 min, concluding
with a final extension step of 72 ◦C for 10 min. PCR conditions for primary and secondary
reactions were the same.

2.8. Molecular Detection and Characterization of Blastocystis sp.

We identified Blastocystis sp. by a direct PCR protocol targeting the ssu rRNA gene
of the parasite [34]. The assay uses the pan-Blastocystis, barcode primer pair RD5/BhRDr
to amplify a PCR product of ~600 bp. Amplification reactions (25 μL) included 5 μL of
template DNA and 0.5 μM of each primer (Table S1). Amplification conditions consisted of
one step of 95 ◦C for 3 min, followed by 30 cycles of 1 min each at 94, 59 and 72 ◦C, with an
additional 2 min final extension at 72 ◦C.

2.9. Molecular Detection and Characterization of Enterocytozoon bieneusi

We conducted E. bieneusi detection by a nested PCR protocol to amplify the internal
transcribed spacer (ITS) region as well as portions of the flanking large and small subunit of
the ribosomal RNA gene as previously described [35]. We used the outer EBITS3/EBTIS4
and inner EBITS1/EBITS2.4 primer sets (Table S1) to generate a final PCR product of 390 bp,
respectively. PCR reactions (50 μL) consisted of 1 μL of template DNA and 0.2 μM of each

8



Animals 2021, 11, 3291

primer. Cycling conditions for the primary PCR consisted of one step of 94 ◦C for 3 min,
followed by 35 cycles of amplification (denaturation at 94 ◦C for 30 s, annealing at 57 ◦C for
30 s, and elongation at 72 ◦C for 40 s), with a final extension at 72 ◦C for 10 min. Conditions
for the secondary PCR were identical to the primary PCR except only 30 cycles were carried
out with an annealing temperature of 55 ◦C.

2.10. Molecular Detection of Balantioides coli

We attempted B. coli detection by a direct PCR assay to amplify the complete ITS1–
5.8s-rRNA–ITS2 region and the last 117 bp (3′ end) of the ssu-rRNA sequence of this ciliate
using the primer set B5D/B5RC [36]. PCR reactions (25 μL) consisted of 2 μL of template
DNA and 0.4 μM of each primer (Table S1). PCR conditions were as follows: 94 ◦C for
10 min; 30 cycles of 94 ◦C for 1 min, 60 ◦C for 1 min, 72 ◦C for 1 min, and a final extension
for 5 min at 72 ◦C.

2.11. Molecular Detection of Troglodytella spp.

We carried out this ciliate mutualist’s detection by a direct PCR method targeting a
401 bp fragment of the ITS region of the rDNA (ITS1-5.8S rDNA-ITS2) [37]. PCR reactions
(25 μL) contained 2 μL of template DNA and 0.8 μM of each primer SSU-end/LSU-start
(Table S1). Conditions of PCR for ITS amplification were initial denaturation for 2 min at
94 ◦C, 35 cycles of 45 s at 94 ◦C, 45 s at 50 ◦C, and 90 s at 72 ◦C, and terminal elongation for
5 min at 72 ◦C.

2.12. Molecular Detection of Plasmodium spp.

We performed Plasmodium spp. detection using a qPCR protocol targeting the ssu
rRNA. Expected amplicon sizes varied depending on the species of Plasmodium. In the case
of those infective to humans, the range would be from 356 bp for P. falciparum to 417 bp for
P. malariae. The PCR mixture consisted of 1× Quantimix Easy Probes (Biotools, B&M Labs
SA, Madrid, Spain), 0.2 μM of each primer (universal primer forward JM-U-0011-L and
Plasmodium-specific reverse primer PLR-1080, Table S1), 0.2 × EvaGreen® Dye (Biotium,
Inc. Hayward, Fremont, CA, USA) and 5 μL of template DNA in a reaction volume of
20 μL. We used a Rotor-Gene Q (QIAGEN) to perform the amplification, beginning with
3 min at 95 ◦C, followed by 45 cycles of 15 s at 95 ◦C, and 45 s at 62 ◦C. A final step
of the melt program consisting of stepwise temperature increases of 0.5 ◦C from 60 ◦C
to 95 ◦C with fluorescence acquisition at each temperature transition was included. We
determined positive samples by post-reaction analysis by melting temperature (Tm) curve
(Tm = 77.5 ◦C ± 1.0 ◦C) and by 2% agarose or automatic gel electrophoresis and confirmed
by sequencing.

2.13. Molecular Detection of Trypanosomatid Species

We performed trypanosomatidae detection using a qPCR targeting the ssu rRNA.
Expected amplicon sizes varied depending on the species, being 521 bp for T. brucei. The
PCR mixture consisted of 1× Quantimix Easy Probes (Biotools), 0.2 μM of each primer
(universal primer forward JM-U-0011-L and trypanosomatidae-specific reverse primer
JM-T-0012n-R, Table S1), 0.2 × EvaGreen® Dye (Biotium) and 5 μL of template DNA in a
reaction volume of 20 μL. Cycling conditions, melt step, and electrophoretic procedures
were as described in Section 2.12.

2.14. Molecular Detection of Filarial Species

We detected filarial species using a qPCR targeting the ITS1 region of the main filarial
species infecting humans [38]. Expected amplicon sizes varied depending on the filarial
species; within the genus Mansonella, the range would be from 250 bp for M. streptocerca to
312 bp for M. perstans. The PCR mixture consisted of 1 × Quantimix Easy Probes (Biotools),
0.2/0.375 μM of the primer set FIL2-F/FIL 2-Loa/FIL2-R (Table S1), 0.2 × EvaGreen® Dye
(Biotium) and 5 μL of template DNA in a reaction volume of 20 μL. Conditions of PCR for
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ITS1 amplification were initial denaturation for 3 min at 95 ◦C, followed by 45 cycles of 10 s
at 95 ◦C, 15 s at 50 ◦C, and 15 s at 60 ◦C. A final step of melt program consisting of stepwise
temperature increases of 0.5 ◦C from 60 ◦C to 95 ◦C with fluorescence acquisition at each
temperature transition was included. We determined positive samples by post-reaction
analysis by melting temperature (Tm) curve (Tm = 77.5 ± 1.0 ◦C) and by 2% agarose or
automatic gel electrophoresis and confirmed by sequencing (see below).

2.15. Sequencing

We directly sequenced positive-PCR/qPCR products of the expected sizes in both
directions using appropriate primer sets (Table S1). We used capillary DNA sequencing
electrophoresis using the BigDye® Terminator chemistry (Applied Biosystems) on an ABI
PRISM 3130 automated DNA sequencer.

We have deposited the sequences obtained in this study in GenBank under acces-
sion numbers MZ182323–MZ182324 (C. hominis), MZ182325–MZ182328 (Blastocystis sp.),
MZ182329–MZ182352 (Sarcocystis spp.), MZ224016 (T. abrassarti), MZ272002 (P. malariae),
MZ272003 (Plasmodium sp.), MZ272004–MZ272006 (T. brucei), and MZ285880–MZ285897
(M. perstans).

2.16. Phylogenetic Analysis

We inferred evolutionary relationships among the identified Blastocystis subtypes by a
phylogenetic analysis using the neighbor-joining method in MEGA 6 [39]. The evolutionary
distances were computed using the Kimura 2 parameter method and modelled with a
gamma distribution. We estimated the reliability of the phylogenetic analyses at each
branch node by the bootstrapping 1000 times. We retrieved Blastocystis sp. sequences
identified in captive or free-living chimpanzees globally from the NCBI database and
included in the phylogenetic analysis for reference and comparative purposes.

2.17. Statistical Analyses

We analysed the relationship between cumulative rainfall and temperature (inde-
pendent variables) and each parasite’s presence (for parasites with >5 positive samples;
dependent variable) with generalized linear models using a binomial family (glm function
in stats package v.3.6.1) [40].

Additionally, we divided the year into two main seasons: dry season (November
through May) and rainy season (June through October). Again, we analysed the relation-
ship between seasonality and parasite presence with generalized linear models in the same
way as above.

We analysed the relationship between BSS (independent variable) and each parasite’s
presence (for parasites with >5 positive samples; dependent variable) with additional binomial
generalized linear models (glm function in stats package v.3.6.1) [40]. Finally, we correlated
rainfall and temperature with stool consistency by using a Spearman correlation [41].

2.18. Parasite Interactions

We analysed the pairwise relationship between parasites (by fitting Fisher´s tests [42]
for all parasites with at least 10 positive samples. We corrected for multiple testing by using
the Benjamini and Hochberg method [43]. Further, we plotted a Principal Component
Analysis (PCA) using the function prcomp from the stats R package v.3.6.1. There, we
included minimum surface air temperature averaged over 10 days before sampling, and
cumulative rainfall totalled over 10 days before sampling and binomial variables for the
six most prevalent parasites.

3. Results

We show the full dataset indicating main features of chimpanzee faecal samples at the
time of collection and PCR and sequencing results for the intestinal and blood parasite and
commensal species investigated in the present study in Table S2.
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3.1. Prevalence of Intestinal and Blood Parasites

We report the PCR-based prevalence rates of intestinal and blood parasite species
identified in the wild chimpanzee population under investigation in Table 1. Among
intestinal protists, the most common pathogenic protist identified was Sarcocystis spp.
(11.5%), followed by G. duodenalis (2.1%), and C. hominis (0.9%). Entamoeba histolytica was
not detected. We found non-pathogenic E. dispar in 18.4% of samples, the stramenopile
Blastocystis sp. at a prevalence rate of 5.6%, whereas the microsporidia E. bieneusi was
undetected. Among ciliates, we found the commensal T. abrassarti in 5.6% of samples, but
none of them tested positive for B. coli. We detected the DNA of blood protists belonging
to the genera Plasmodium (P. malariae) and Trypanosoma (T. brucei) at low (<2%) infection
rates. Finally, the filarial nematode Mansonella perstans was identified in 9.8% of samples.

Table 1. Prevalence of intestinal and blood parasite and commensal species identified in the wild
chimpanzee population (n = 234) investigated in the present study.

Species Positive (n) Prevalence (%) 95% Confidence Interval

Intestinal protists
Entamoeba dispar 43 18.4 13.6–23.9
Sarcocystis spp. 27 11.5 7.7–16.3
Blastocystis sp. 13 5.6 3.0–9.3

Troglodytella abrassarti 13 5.6 3.0–9.3
Giardia duodenalis 5 2.1 0.7–4.9

Cryptosporidium hominis 2 0.9 0.1–3.1
Balantioides coli 0 0.0 -

Entamoeba histolytica 0 0.0 -
Intestinal microsporidia
Enterocytozoon bieneusi 0 0.0 -

Blood protists
Trypanosoma brucei 3 1.3 0.27–3.7

Plasmodium malariae 1 0.4 0.01–2.4
Plasmodium spp. 1 0.4 0.01–2.4

Filarial nematodes
Mansonella perstans 23 9.8 6.3–14.4

3.2. Molecular Characterization of Intestinal Protist Species

Sequence analyses revealed that the two Cryptosporidium-positive isolates identified
in the present study corresponded to C. hominis. One of them had 100% homology with
reference sequence AF108865, whereas the remaining isolate differed from it by a single
nucleotide polymorphism (SNP) involving an ambiguous (double peak) site at position
805 (Table 2). Attempts to determine the genotype family of these isolates at the 60 kDa
glycoprotein (gp60) locus repeatedly failed.

The five DNA isolates that yielded a positive result for G. duodenalis by qPCR generated
cycle threshold (Ct) values ranging from 25.6–33.9 (median: 31.4). None of these isolates
could be successfully amplified at the gdh, bg, or tpi loci, so the assemblage/sub-assemblage
of the parasite involved in these infections remained unknown.
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Table 2. Diversity, frequency, and molecular features of Cryptosporidium hominis, Blastocystis sp., and Troglodytella abrassarti
isolates identified in the wild chimpanzee population investigated in the present study.

Species Genotype
Sub-

Genotype
No.

Isolates
Locus

Reference
Sequence

Stretch

Single
Nucleotide

Polymor-
phisms

GenBank ID

Cryptosporidium
hominis

- - 1 ssu rRNA AF108865 574–997 None MZ182324
- - 1 ssu rRNA AF108865 579–983 C805Y MZ182323

Blastocystis sp.

ST1 Allele 1 1 ssu rRNA AB107968 79–568 A132G MZ182325
ST1 Allele 7 1 ssu rRNA HQ286905 14–506 A476G MZ182326

ST1 Allele 8 10 ssu rRNA HQ286907 1–553

T1A,
10_11DelAG,

71DelC,
513DelC,

T551A, A553C

MZ182327

ST1 Alleles 7 + 8 1 ssu rRNA HQ286907 73–553
G141R,

513DelC,
T551A, A553C

MZ182328

Troglodytella
abrassarti - - 13 ITS EU680311 1–418 T82C, G177A MZ224016

Del: base deletion; ITS: Internal transcribed spacer; R: A/G; ssu rRNA: Small subunit ribosomal RNA; Y: C/T.

We detected DNA of Sarcocystis spp. in 27 samples. We obtained pure sequences in
24 cases, while we observed double peaks presumably indicating coexistence of two or
more genetic variants of the parasite in three additional samples. One 526 bp sequence
(MZ182329) showed 99.6–99.8% similarity with S. alces (EU282018, KF8312734) and up to 97%
similarity with other Sarcocystis spp. Eight 552 bp sequences (MZ182330–MZ182337) shared
99.3–100% similarity with S. gracilis and <95% similarity with other Sarcocystis spp. Five
503 bp sequences (MZ182338–MZ182342) displayed 99.0–100% similarity with S. morae and
<95% similarity with other Sarcocystis spp. Three 508 bp sequences (MZ182343–MZ182345)
revealed highest similarity with S. truncata (98.1–100%) and S. japonica (97.7–99.6%). Five
sequences (MZ182346–MZ182350) varying in length (503–509 bp) demonstrated highest
similarity with S. sinensis (93.4–100%), S. bovifelis (96.1–99.8%) and S. bovini (96.7–99.2%).
Finally, two 522 bp sequences (MZ182351–MZ182352) showed 97.1–99.6% and 98.1–99.6%
similarity with S. capracanis and S. tenella, respectively. Thus, we identified at least six
genetic variants of Sarcocystis genus in faecal samples of chimpanzees.

We confirmed a total of 13 isolates as Blastocystis-positive by Sanger sequencing. All
of them were assigned to the subtype ST1 of the protist (Table 2). Allele 8 was the most
common genetic variant found within ST1 (76.9%, 10/13), followed by allele 1 (7.7%,
1/13), allele 7 (7.7%, 1/13), and mixed alleles 7 + 8 (7.7%, 1/13). Phylogenetic analyses
based on the neighbor-joining method confirmed that all ST1 sequences generated in the
present study clustered together in well-supported clades with sequences of free-living
chimpanzees from Senegal and Tanzania previously deposited in GenBank (Figure 1). Of
note, an additional 42 isolates yielded amplicons of the expected size but in the form of faint
bands on gel that produced poor quality, unreadable sequences. In the absence of Sanger
sequencing confirmation, we conservatively considered these isolates Blastocystis-negative.
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Figure 1. Phylogenetic relationships among Blastocystis sp. sequences identified in free-living and captive chimpanzees
globally. GenBank accession numbers and country of origin are indicated. When known, sequences from free-living and
captive chimpanzees were identified with superscript single and double asterisks, respectively. The analysis was conducted
by a neighbor-joining method of the ssu rRNA gene. Genetic distances were calculated using the Kimura two-parameter
model. Bootstrap values lower than 75% are not displayed. Purple-filled triangles represent sequences generated in the
present study. Green filled dots represent reference sequences for subtypes ST1–ST9. Proteromonas lacertae was used as
outgroup taxon to root the tree.

All 13 isolates yielding amplification products compatible with T. abrassarti were
confirmed by Sanger sequencing. Representative sequences varied by two SNPs (T82C and
G177A) with reference sequence EU680311 (Table 2).

3.3. Molecular Characterization of Blood Protist Parasites

Only two samples tested positive to Plasmodium spp. and an additional three to
T. brucei. Plasmodia corresponded to P. malariae in one case and possibly also in the sec-
ond (94% similarity with GenBank reference sequence XR_003751948.1). Phylogenetic
analysis using the neighbor-joining method confirmed that both sequences belonged to
the same cluster, although they were located in different tree branches (Figure S1). In the
case of T. brucei, the three sequences generated were identical and fell into a well-defined
cluster together with representative sequences of T. brucei (T. brucei brucei, Tb rhodesiense,
Tb gambiense), T. evansi, and T. equiperdum retrieved from GenBank (Figure S2). Mem-
bers of the above-mentioned species were integrated into the so-called brucei group [44].
The partial sequence of the ssu rRNA gene amplified by the PCR protocol used in the
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present study corresponded to a conserved region of the gene that does not allow for
inter-species discrimination.

Sequence analyses of an additional 31 samples allowed the identification of other
Trypanosomatida that are not considered parasites of primates. These include members of
the genera Phytomonas (n = 28), Herpetomonas (n = 2) and Lafontella (previously Herpetomonas,
n = 1), in addition to five cases of free-living Metakinetoplastin microorganisms of the
orders Eubodonida (n = 2) and Neobodonida (n = 3). An ecological and epidemiological
interpretation of these findings is provided in Table S1 (see text box on the upper right
corner of the table).

3.4. Molecular Characterization of Filarial Parasites

We characterized 23 filarial nematodes by PCR and Sanger sequencing. All cases were
homologous (≥99%) to M. perstans, although the sequences are not all the same as can
be seen in the corresponding phylogenetic tree (Figure S3). In this case, all of them are
integrated into the M. perstans cluster, close to the M. streptocerca cluster and further away
from M. ozzardi.

3.5. Seasonality Effects on Parasites

Chimpanzee parasite prevalence differed by season (Figure 2; Table 3). Mansonella
perstans had higher prevalence during the dry season than the rainy season (p = 0.0241),
while the same is true for E. dispar (p = 0.0202).

Figure 2. Chimpanzee parasite prevalence by season. Rainy season comprises months June through October, while dry
season comprises November through May. See Table 3 for statistical differences between seasons. A superscript single
asterisk denotes statistical significance.
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Table 3. Results of the statistical analyses conducted to assess the relationship between the occurrence of the most frequent
parasite species infecting chimpanzees and climatological (rainfall, temperature) or clinical (stool consistency) variables in
the present study. For seasonality, estimates are given on the log odds ratio (not the response) scale. Statistically significant
values are highlighted in bold.

Variable Contrast Estimate SE Z Ratio p Value

Blastocystis sp. Seasonality 0.4770 0.3520 1.355 0.1756
Rainfall 0.0548 0.0235 2.330 0.0198

Temperature min. −0.0263 0.2118 −0.124 0.9010
Stool consistency 0.1069 0.1632 0.655 0.5120

Giardia duodenalis Seasonality 0.6270 1.1300 0.556 0.5780
Rainfall −0.4564 0.4465 −1.022 0.3067

Temperature min. 1.7000 0.0754 2.255 0.0241
Stool consistency −0.0967 0.0460 −2.100 0.0357

Mansonella perstans Seasonality 0.3569 0.1588 2.303 0.0213
Rainfall −0.0435 0.0237 −1.838 0.0066

Temperature min. −0.1081 0.1177 −0.918 0.3590
Stool consistency −0.1626 0.1151 −1.412 0.1579

Entamoeba dispar Seasonality −1.4600 0.5770 −2.525 0.0570
Rainfall 0.2614 0.1591 0.164 0.1000

Temperature min. 0.1270 0.4470 0.285 0.7758
Stool consistency 0.0228 0.0200 1.141 0.2538

Sarcocystis spp. Seasonality 1.7000 0.0754 2.255 0.0241
Rainfall −0.2865 0.1756 −1.631 0.1028

Temperature min. 1.0200 0.4400 2.323 0.0202
Stool consistency −0.0435 0.0237 −1.838 0.0066

Bristol Stool Scale Seasonality −1.6200 0.2230 −7.285 <0.0001
Rainfall * t = 5.961 df = 210 – <0.0001

Temperature min. * t = 2.030 df = 210 – 0.04361

* Rainfall data/temperature and stool consistency (as determined using the Bristol Stool Scale) are correlated with a Spearman correlation.

Climate variables also explained the variance in parasite prevalence in chimpanzee
samples (Figure 3): Blastocystis sp. (p = 0.0198) was positively associated with the total
rainfall during the 10 days before sampling, whereas M. perstans (p = 0.0357) and E. dispar
(p = 0.0066) were negatively associated with it. Mansonella perstans (p = 0.0213) and Sarco-
cystis spp. (p = 0.0338) were positively and negatively associated with the mean minimum
temperature averaged over the 10 days before sampling, respectively.

While the Bristol Stool Scale (BSS) shows that rainfall and temperature cause faecal
samples to become more watery (higher levels on the BSS), the faecal consistency did not
significantly explain variance in any parasite’s prevalence (Table 3).

No negative or positive associations between parasites were detected (Table 4).

Table 4. Results of the statistical analyses conducted to assess potential relationships between
prevalent parasites.

Parasite 1 Parasite 2 p Value p Adjusted Value

Blastocystis sp. Giardia duodenalis 1.0000 1.0000
Blastocystis sp. Mansonella perstans 1.0000 1.0000
Blastocystis sp. Entamoeba dispar 0.2654 1.0000
Blastocystis sp. Sarcocystis spp. 1.0000 1.0000

Giardia duodenalis Mansonella perstans 1.0000 1.0000
Giardia duodenalis Entamoeba dispar 0.5875 1.0000
Giardia duodenalis Sarcocystis spp. 0.4660 1.0000

Mansonella perstans Entamoeba dispar 0.0874 0.8740
Mansonella perstans Sarcocystis spp. 0.7384 1.0000

Entamoeba dispar Sarcocystis spp. 0.7934 1.0000
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Figure 3. PCA plot of parasite presence in chimpanzee faecal samples. Each coloured dot indicates a
single sample and is coloured by season. Solid arrows indicate parasite loading values, and dashed
arrows indicate climate variable loading values. The closer two loading values are on the plot, the
more likely they will correlate independently from other loading values. The distance from the
coordinate centre (0, 0) can be used as a measure of strength of such associations. PC1 (positive
values) captured high cumulative rainfall, while temperature was captured by a combination of
PC1 and PC2 (positive values). Min_Temp represents minimum surface air temperature averaged
over 10 days previous to sample collection. Rainfall represents cumulative rainfall totalled over the
10 days previous to sample collection.

4. Discussion

In this PCR-based epidemiological study, we investigated the occurrence and genetic
diversity of six potentially pathogenic (C. hominis, E. histolytica, G. duodenalis, Sarcocystis
spp., E. bieneusi, and B. coli) and three non-pathogenic (Blastocystis sp., E. dispar, and T. abras-
sarti) intestinal protist and microsporidia species, two blood protist parasites (Plasmodium
spp., and Trypanosoma spp.), and a filarial nematode (M. perstans) in faecal samples from a
wild western chimpanzee population living in Dindefelo, Senegal. Overall, this is one of the
most complete molecular-based surveys on protist parasite species affecting endangered
chimpanzees conducted in Africa to date. The main contributions of this study to the field
include (i) the finding, for the first time, of Sarcocystis spp. DNA in faecal samples of wild
chimpanzees globally, (ii) the confirmation that common diarrhoea-causing protist species
including C. hominis, E. histolytica, G. duodenalis or the microsporidia E. bieneusi are present
at low infection rates and parasitic intensities or absent in the surveyed chimpanzee popu-
lation, (iii) the confirmation that wild chimpanzees may act as suitable hosts of Plasmodium
and Trypanosoma species and filariae, playing a still not fully understood role in their epi-
demiology and transmission [14,45,46], and (iv) the provision of epidemiological evidence
in support of the existence of overlapping domestic and sylvatic cycles and cross-species
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transmission suggesting that some of the infections detected in chimpanzees might be of
anthropogenic nature.

Little information is currently available on the epidemiology of Cryptosporidium spp.
in wild chimpanzees. Early epidemiological studies based on microscopy examination
failed to detect the parasite in the Republic of Congo [47], whereas a prevalence of 9%
was found in savannah chimpanzees in Tanzania [48]. Using PCR, Cryptosporidium spp.
was undetected in wild chimpanzees from the same study area as the present study in
Senegal [49], whereas an infection rate of 21% was reported in chimpanzees from the
Greater Gombe Ecosystem in Tanzania [50]. In the present study, only 1% of chimpanzee
samples harboured Cryptosporidium infections. Regarding molecular diversity, Tanzanian
wild chimpanzees were found to be infected by C. hominis (n = 6) and C. suis (n = 7) [50].
Remarkably, two of the six C. hominis isolates were identified as IfA12G2, the same sub-
genotype detected in humans living in the proximity of the Gombe National Park. Of
note, members of the gp60 genotype family If have been found to be prevalent in different
African countries including Kenya, South Africa, and Tanzania [51]. Taken together, these
data strongly suggest that the C. hominis IfA12G2 infections detected in chimpanzees at
the Greater Gombe Ecosystem were of anthropogenic origin [50]. In that very same study,
the presence of C. suis in wild chimpanzees was interpreted as the result of cross-species
transmission from bush pigs to chimpanzees in Gombe, since domesticated pigs were
locally absent [50]. In the present study, the two Cryptosporidium-positive isolates were
confirmed as C. hominis, but failure to amplify them at the gp60 locus precluded us from
identifying the gp60 genotype family involved in those infections. More research should be
conducted to elucidate the origin of these infections, as captive and wild NHP including
chimpanzees can be infected by a wide range of gp60 genotype families including Ia, Ib, Id,
Ie, If, Ii, Ik, Im, and In [52].

Entamoeba spp. infection has been associated with morbidity and even mortality in
NHP [53,54], although at present it remains to be fully elucidated if the Entamoeba species
carried by NHP include the pathogenic E. histolytica. Indeed, E. histolytica was detected by
PCR in wild and semi-wild orangutans in Sumatra, Indonesia [6]. In that study, contact
with humans was considered as an important risk factor for infection of wild primates
with this protist parasite. Molecular-based epidemiological surveys conducted in African
wild chimpanzee populations have generated different, even discrepant, results. Thus,
E. histolytica was undetected in populations, including those surveyed here, from Sene-
gal [55] and Tanzania [56]. However, a subsequent study conducted in the latter country
found an E. histolytica prevalence of 34% in chimpanzees from the Greater Gombe Ecosys-
tem [57], whereas the protists were also present at low rates in chimpanzees living in the
Dja Faunal Reserve in Cameroon [58]. These surveys coincided in proposing that interven-
tions targeting better sanitation and hygiene practices for humans living in proximity with
wild chimpanzee populations may help in preventing E. histolytica infection in NHP, while
also protecting the endangered species.

The epidemiology of G. duodenalis in African wildlife is poorly understood. The
few studies focusing on NHP, including lowland (G. g. gorilla) and mountain gorillas
(G. b. beringei), chimpanzees (Pan troglodytes schweinfurthii), baboons (Papio anubis), greater
bamboo lemurs (Prolemur simus) and eastern rufous mouse lemurs (Microcebus rufus), have
been conducted in wildlife areas in Gabon, Madagascar, Rwanda, South Africa, and Tanza-
nia [51]. In wild chimpanzee’s populations, G. duodenalis has been reported at infection
rates of 3-9% by immunofluorescence microscopy in the Republic of Congo [47], of 6%
by light microscopy in the Cantanhez National Park in Guinea Bissau [59], and of 1%
by PCR in Senegal [49]. In the latter study, the assemblage/sub-assemblage of the only
G. duodenalis-positive isolate detected could not be determined due to insufficient amount
of starting parasitic DNA. This is also the case in the present study, where the five samples
positive to the protists failed to be amplified at the three loci (gdh, bg, tpi) used for geno-
typing purposes. These results strongly suggest low G. duodenalis intensity infections and,
very likely, the absence of clinical manifestations in the infected chimpanzees. In other
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African wild NHP species, sub-assemblage AII has been identified in western lowland
gorillas in the Central African Republic [60], assemblage A and sub-assemblage BIV in
mountain gorillas in Rwanda [61] and Uganda [62], and sub-assemblages AII and BIV
in colobus monkeys in Ghana [63] and Uganda [64]. Remarkably, several of these stud-
ies highlighted that anthropogenic habitat disturbance is enhancing interactions among
people, livestock, and wildlife, and this could have negative consequences for wildlife
conservation [61,63,64].

Experimental infections demonstrate that NHP, including chimpanzees, may serve
as definitive hosts for zoonotic Sarcocystis hominis and Sarcocystis suihominis [65,66]. These
coccidians are characterised by an obligatory prey–predator two-host life cycle. Definitive
hosts become infected by ingesting extra-intestinal tissues (usually muscles) containing
mature sarcocysts, while intermediate hosts become infected through ingestion of food or
water contaminated with sporocysts [66]. In the present study, several different Sarcocystis
genetic variants were confirmed in 11.5% (27/243) samples by nested PCR targeting ssu
rRNA; obtained sequences displayed the highest genetic similarity with GenBank out-
of-Africa available sequences of Sarcocystis spp. using Cervidae (absent in sub-Saharan
Africa), Bovini (Bos taurus, present in the region) and Caprinae (Capra sp. Djallonké and
Ovis sp. Djallonké, present in the region) as intermediate hosts [67–69]. Other antelopes
in the region include Cephalophus rufilatus and Tragelaphus scriptus. There are three non-
exclusive hypotheses for the presence of Sarcocystis spp. in chimpanzee faecal samples:
(i) chimpanzees have been infected by consuming muscle tissue of some of these wild and
domestic prey hosts, (ii) chimpanzees have acquired cysts from infected prey, but are not
infected and do not represent definitive hosts for these parasites, and (iii) chimpanzees
have acquired Sarcocystis spp. from the environment. Therefore, the results presented here
do not serve as definitive evidence for these Sarcocystis spp. infecting chimpanzees, nor
for locally novel prey items for chimpanzees. What is novel, to the best of our knowledge,
is the presence of Sarcocystis genetic variants belonging to species considered to have
Cervidae as intermediate hosts, mostly absent in the African continent [67].

Blastocystis sp. has been identified in more than 75 species of captive and wild NHP
from 21 different countries. In free-living NHP, Blastocystis sp. infection/colonisation
rates have been reported in the range of 22–100% globally [9]. Specifically, in African wild
chimpanzee populations Blastocystis sp. has been documented at a prevalence of 22% by
conventional microscopy in Cameroon [70], and of 41–71% by PCR in Senegal [49] and
Tanzania [71]. The 6% prevalence rate reported here is much lower than those described
above, but it should be noted that this figure is a conservative estimation as only isolates
confirmed by Sanger sequencing were considered as true Blastocystis-positive samples.
Regarding genetic diversity, ST1 is known to be by far the most prevalent (82–100%)
Blastocystis subtype circulating in wild chimpanzees in Senegal and Tanzania, although
in the former country few animals carried also ST2 and ST3 [49,71]. In line with these
previous results, ST1 was also the only subtype detected in our chimpanzee population.
Remarkably, sequence data revealed that all ST1 isolates detected involved allele 8 and, to
a much lesser extent, alleles 1 and 7. In contrast, human infections/colonisation by ST1 are
primarily due to allele 4 in both developed or developing countries [72,73]. Taken together,
this data suggests that different host-adapted genetic variants of ST1 are circulating in
human and NHP populations.

In this study, E. bieneusi was undetected in wild chimpanzees. Although this mi-
crosporidia has been reported in 32 species of NHP from 10 countries, most of these studies
were conducted in captive animals. In wild NHP, E. bieneusi infection rates have been
documented in the range of 3-28% worldwide [8]. Regarding the presence of E. bieneusi in
African chimpanzees, there is no information available in wild populations, but this para-
site has been reported in chimpanzees living in sanctuaries in Kenya (3.6%) and Cameroon
(4.5%) [74]. In other African wild NHP species, E. bieneusi has been identified at prevalence
rates of 4.0% in western lowland gorillas (G. g. gorilla) in Central African Republic, of 12.3%
in olive baboons (P. anubis) in Kenya, and of 18.0% in mountain gorillas (G. b. beringei) in
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Rwanda [8]. Further studies are needed to fully elucidate the role of wild chimpanzees in
the transmission of E. bieneusi.

Balantioides coli presence has been reported in a wide range of host species, including
chimpanzees [10]. It is considered a rare finding in wild populations; however, it is fairly
common in captive animals. On the other hand, T. abrassarti is frequently reported in wild
individuals but usually with low prevalence in captive ones [75–79]. While differences
in diet have been suggested as an explanation for this pattern, the reasons behind it
remain unclear [77,78]; other factors, such as the ground use by the chimpanzees and their
interaction with human populations, could also explain differences in B. coli prevalence
between captive and wild chimpanzees [75,80]. In the present work, the chimpanzee
population under study was of wild animals; however, the study area is an anthropogenic
landscape with chimpanzee–human-livestock interaction in the use of food and water
resources [19,22]. The negative results obtained here can be explained by either absence of
the parasite in human and livestock populations of the region, which should be confirmed
by studying these host species, or by the fact these chimpanzees are wild, while more
consistent and intense contact between humans and chimpanzees, such as what occurs in
captivity, is required for zoonotic transmission. Equally surprising is the low prevalence of
T. abrassarti, detected only in 5.6% of analysed samples. This ciliate does not form cysts and
transmission is by ingestion of trophozoites contaminating food; they can be detected in
faeces up to more than two days after defecation [81], which is twice the time after sampling
collection in this survey. However, decomposition of trophozoites began immediately after
defecation [81], so it is likely that DNA degradation under environmental conditions is
responsible for the low PCR-based prevalence reported here. Despite T. abrassarti having
a greater prevalence in wild chimpanzees, the colonisation density is apparently lower
in wild chimpanzees than in captive ones [78]. This too has been considered a possible
cause of negative results when searching for this ciliate in faecal samples [81]. Because
of the above-mentioned limitations, data on the true prevalence of T. abrassarti should be
interpreted with caution because the true prevalence of this ciliate is likely much higher.
Moreover, we avoided analysing its seasonality, as it will only provide spurious results.

Faeces are not the optimal sample matrix for the detection of blood parasites such as
Plasmodium or Trypanosoma, which are preferably identified in blood samples. However,
several tests performed in humans [82] and NHP [83] have shown a good correlation
between the diagnostic results obtained in dried blood spots and faecal samples, although
large-scale field studies showed that the prevalence obtained was lower using faeces,
at least in malaria [84]. In either case, the use of non-invasive, faecal-derived sampling
methods, which can be implemented alongside routine monitoring and surveillance for
other faecal parasites, gives it an added value, since otherwise these parasites would be
difficult to identify in wild chimpanzee populations.

In this study, we detected five blood protist parasites: two Plasmodium spp. (probably
both P. malariae) and three T. brucei. Several species of Plasmodium infect NHP exclusively,
although they can sometimes cause sporadic human infections such as P. cynomolgi [85]
or the most common P. knowlesi [86]. It is widely believed that human malaria parasites
infect only people as a natural host, but many Plasmodium morphologically similar to those
found in humans have been observed in NHP and, in certain cases, are even genetically
identical. This is the case of P. brasiliensis in the Americas. In chimpanzees, P. rodhaini is
morphologically identified as P. malariae-like parasite. Recent studies on African great
apes have revealed the existence of a large diversity of Plasmodium parasites infecting
chimpanzees and gorillas, some of them related to the deadliest human parasite P. falciparum
(subgenus Laverania), others to the human parasites P. malariae, P. ovale, or P. vivax (subgenus
Plasmodium) [87,88]. In this study, we identified a sample with P. malariae. A second sample
could also be described as P. malariae according to phylogeny, as it fell within the same
cluster of P. malariae/P. brasiliensis, although forming a different branch that could be
considered as a P. malariae-like organism. Determining host specificity and host range of
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human malaria parasites is of great importance to understand the role of chimpanzees and
other NHP in the epidemiology of the parasite, and to improve malaria control [89].

African trypanosomes of the Trypanosoma brucei group are the causative agents of
sleeping sickness in humans and nagana in animals [90]. The group consists of seven
species with the morphologically indistinguishable T. b. rhodesiense and T. b. gambiense
causing the human African trypanosomiasis, and the rest being agents of infection in
animals. In East Africa, animals are reservoirs for T. b. rhodesiense, whose infection produces
nagana in them. However, in West Africa, where T. b. gambiense is primarily distributed,
the role of animals as reservoirs of the parasite is not so clear [91]. In this study, the
prevalence of T. brucei was low (1.3%). Of note, T. brucei has been previously reported in
Western chimpanzees in Ivory Coast [14], but as in the case of our study, it was not possible
to elucidate the subspecies present. In both cases, it was only possible to confirm their
inclusion in the brucei group. As previous studies have shown, chimpanzees can become
infected through the bites of the natural vector, tsetse fly (Glossina spp.), and complete the
cycle, transmitting the disease to the vector [92]. Future studies determining the subspecies
within the brucei group will be necessary to ascertain the frequency and directionality of
zoonotic transmission events between chimpanzees and humans in endemic areas in West
Africa. In this study, other trypanosomatidae, parasites of plants and insects, have been
found in the faeces of the investigated chimpanzees, replicating the results obtained in
earlier surveys [93]. These findings are possibly related to the chimpanzee diet or to the
use that insects give to faeces to lay their eggs.

In this work, we have also detected DNA of filarial nematodes in chimpanzee fae-
ces. Twenty-three samples (10%) were found to be positive, all of them characterized as
M. perstans by phylogenetic analysis (Figure S3). Some of these sequences varied among
them, forming a well-defined sub-cluster with a bootstrap support of 95%. In a recent study,
M. perstans was found at a much lower frequency (2%) in chimpanzees from Cameroon and
Gabon [15]. Furthermore, this survey provided sequences fitting within the same genus
(Mansonella), but clustering in a different branch than that of M. perstans. In this case, the
species could not be determined due to insufficient homology with previously described
species. Unfortunately, in our study, we have not been able to compare the phylogeny of
both groups of sequences as they correspond to different gene fragments. Some species
of filariae, such as Onchocerca volvulus or Wuchereria bancrofti, have medical importance,
although mansonellosis (the disease produced by M. perstans) is not considered a public
health hazard [94]. The larvae of filariae (microfilariae) are found in the blood or the
skin, while adults are found inside the host near the internal organs forming nodules or
semi-protected remain confined in other areas. Therefore, the approach of attempting the
detection of filarial DNA in faecal samples might seems unusual at first glimpse. In a
seminal study, Gaillard et al. described for the first time the presence of Mansonella spp.
DNA in faecal samples of infected chimpanzees [15]. These authors provided two potential
explanations for this finding: (i) health issues associated with haematuria leading to the
presence of blood parasites in the faeces of sick animals and (ii) free DNA or DNA included
in exosomes secreted by the filarial parasite as mediators of the host–parasite interface.
Consequently, the detection of these parasites in faeces is relevant to estimating prevalence
rates without using invasive procedures to obtain other biological samples such as blood
or tissues. The PCR-based method used here allowed for the detection of M. perstans (and
possibly other filariae) present in chimpanzee faecal samples using pan-filarial primers
regardless of species and hosts [38]. Additionally, this methodology can also provide rele-
vant information on filariae abundance, pathogenesis, transmission and zoonotic potential
in wild chimpanzees.

Data obtained here show that it is possible to detect P. malariae, T. brucei, and M.
perstans in chimpanzee faecal material. These results suggest that stool samples are a
promising, suitable matrix for the detection of blood parasites. However, we need to take
into consideration that prevalence rates obtained in faecal samples do not necessarily reflect
the ones we would identify in blood samples by conventional diagnostic methods. These
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three parasites normally infect humans and studying the role that chimpanzees can play as
potential reservoirs would be important to optimize control programs for these diseases in
areas where apes and humans live closely together.

Chimpanzee parasite seasonality has rarely been studied over more than a single dry
or wet season [95–99]. Here, we aim to contrast results found in previous studies to our own.
Beforehand, we must warn readers that independence of samples is not guaranteed in this
study as individual chimpanzees could not be identified and results should, therefore, be
interpreted with caution. Blastocystis was associated with rainfall, and undetected during
the dry season in our study. One study in a degraded forest mosaic landscape in Uganda
reports higher Blastocystis prevalence during the rainy season [95], and another report
the same trend in a mixed evergreen and semi-deciduous forest habitat in Tanzania [96].
However, other studies report significant [98] and non-significant [98] associations between
Blastocystis and the dry season. We found Entamoeba dispar’s prevalence to be higher
during the dry season than the rainy season, and to be negatively associated with rainfall.
However, previous studies reported a lack of association between Entamoeba spp. and
seasonality [95–97]. Reports on Giardia’s seasonality do not find seasonal differences [96,98].
In them, however, prevalence was below 10%, as was the case in our study. Differences in
prevalence rates according to season were also found for M. perstans, although absence of
data in the literature precluded us from reaching strong conclusions. Further research, and
in particular meta-analyses, are needed to clarify these trends, with particular focus on the
factors that correlate with climate, rather than climate itself.

The results obtained and conclusions reached in this study may have been biased by
some design and methodological constricts. For instance, collected faecal samples were
stored in 70% ethanol at room temperature for several months before processing in the
laboratory. This long storage period may have hampered the obtaining of sufficient amount
of good quality parasitic DNA for PCR analyses. Low infection/colonisation rates for some
of the parasite or commensal species investigated here may have negatively influenced
the robustness of the statistical analyses conducted. Similarly, low parasitic densities (e.g.,
G. duodenalis, C. hominis) limited the performance of the PCR protocols used for genotyping
and sub-genotyping purposes. Due to ethical and conservation concerns, no tissue or blood
samples of animal origin were available for downstream molecular testing. In practical
terms, this means that the occurrence of blood protist (Plasmodium, Trypanosoma) and filarial
(Mansonella) species could only be indirectly assessed in faecal material, a sub-optimal
matrix for the detection of these pathogens.

5. Conclusions

This molecular-based epidemiological study showed that potentially pathogenic
protist/microsporidia species were present at low-medium infection rates (Sarcocystis
spp., G. duodenalis, C. hominis) or apparently absent (E. histolytica, E. bieneusi) in a wild
chimpanzee population in Dindefelo, Senegal. In contrast, protist of unclear pathogenic
significance (Blastocystis sp.) and commensal species (E. dispar, T. abrassarti) were far more
common. From a parasitological point of view, these data reflect an apparent healthy
epidemiological situation characterised by low-to-moderate occurrence rates and parasitic
burdens leading to absence of clinical manifestations in infected animals, although the
extent of this claim should be confirmed in subsequent studies specifically devoted to
assess the health status of these animals. The limited amount of parasitic DNA in faecal
samples also explains the low amplification success rates accomplished by genotyping
and sub-genotyping PCR protocols (e.g., for G. duodenalis and C. hominis, among others).
Remarkably, this is the first survey reporting the presence of Sarcocystis spp. DNA in
faeces from wild chimpanzees, raising the question of whether these findings are the
result of true infections by this coccidian parasite or just spurious passage associated with
diet or environmental contamination. Another major contribution of this survey is the
demonstration that, even considering that faecal material is a suboptimal matrix for the
detection of blood protist species, chimpanzees might be suitable hosts for P. malariae
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and T. brucei, two of the major contributors to the human disease burden by malaria and
sleeping sickness in Africa. Overall, these data clearly indicate that wild chimpanzees
play a more important role in the epidemiology and transmission of intestinal and blood
protist parasites than initially anticipated. Taking into account that most of these agents
are zoonotic, it is now clear that cross-transmission species is possible between wild
chimpanzees and humans sharing habitats and natural resources. More research is needed
to accurately assess the frequency and directionality of zoonotic events, and to estimate the
proportion of chimpanzee infections of anthropogenic origin.
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Radzijevskaja, J.; Balčiauskas, L.;
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Simple Summary: Babesia microti, the causative agent of human babesiosis, is an intraerythrocytic
protozoan parasite, that circulates among small rodents and ixodid ticks in many countries worldwide.
Zoonotic and non-zoonotic B. microti strains have been identified in rodent populations in Europe.
Analyzing eight species of small rodents collected from different habitats (meadows, forests and
their ecotones) in Lithuania, we checked for the presence of B. microti and found the highest infection
prevalence to be in Microtus oeconomus and Microtus agrestis rodents. Of note, this study also detected
the first reported cases of Babesia parasites in Micromys minutus mice. In term of habitat, the highest
prevalence of Babesia parasites was detected in rodents trapped in meadows. Our results demonstrate
that rodents, especially Microtus voles, can play an important role in the circulation of the zoonotic B.
microti ‘Jena/Germany’ strain in Lithuania.

Abstract: Babesia microti (Aconoidasida: Piroplasmida) (Franca, 1910) is an emerging tick-borne
parasite with rodents serving as the considered reservoir host. However, the distribution of B. microti
in Europe is insufficiently characterized. Based on the sample of 1180 rodents from 19 study sites
in Lithuania, the objectives of this study were: (1) to investigate the presence of Babesia parasites in
eight species of rodents, (2) to determine the prevalence of Babesia parasites in rodents from different
habitats, and (3) to characterize the detected Babesia strains using partial sequencing of the 18S rRNR
gene. Babesia DNA was detected in 2.8% rodents. The highest prevalence of Babesia was found in
Microtus oeconomus (14.5%) and Microtus agrestis (7.1%) followed by Clethrionomys glareolus (2.3%),
Apodemus flavicollis (2.2%) and Micromys minutus (1.3%). In M. minutus, Babesia was identified for
the first time. The prevalence of Babesia-infected rodents was higher in the meadow (5.67%) than in
the ecotone (1.69%) and forest (0.31%) habitats. The sequence analysis of the partial 18S rRNA gene
reveals that Babesia isolates derived from rodents were 99–100% identical to human pathogenic B.
microti ‘Jena/Germany’ strain.

Keywords: 18S rRNA; Babesia; rodents; voles; mice; Lithuania

1. Introduction

Babesiae are emerging tick-borne protozoan parasites circulating in many countries
worldwide in vertebrate hosts and vectors. The Babesia species including Babesia microti,
Babesia divergens, B. divergens-like, Babesia venatorum and Babesia duncani are known to cause
infection in humans. In Europe, Asia and North America respectively, the main vectors of
zoonotic Babesia species are Ixodes ricinus, Ixodes persulcatus and Ixodes scapularis ticks. [1]. B.
microti is the main causative agent of human babesiosis, especially in North America [2]. In
Europe however, human babesiosis cases are less frequently reported and mostly related
to B. divergens, B. divergens-like and B. venatorum [3]. However, a few cases of human
babesiosis resulting from B. microti have also been reported in Europe [4–6]. To the best of
our knowledge, no cases of human babesiosis have been documented in Lithuania.

The common vole (Microtis arvalis), field vole (Microtus agrestis) and root vole (Microtus
oeconomus) are microtine rodents that play important roles in the circulation of B. microti

Animals 2021, 11, 1707. https://doi.org/10.3390/ani11061707 https://www.mdpi.com/journal/animals29



Animals 2021, 11, 1707

in Europe [7,8]. B. microti infection was also detected in yellow-necked mouse (Apodemus
flavicollis), striped field mouse (Apodemus agrarius), wood mouse (Apodemus sylvaticus) and
bank vole (Clethrionomys glareolus), which are the main hosts for the immature stages of
Ixodes ticks [7,9–11]. In general, Ixodes trianguliceps (with all three developmental stages
feeding on rodents and does not bite humans) is the main vector of B. microti [12,13], while
I. ricinus (with larvae and nymphs feeding on rodents) would only serve as a bridge vector
of B. microti [9,14,15].

Molecular phylogenetic analysis demonstrated that B. microti consisting of genetically
diverse isolates that belong to different clades [16]. B. microti isolates from rodents are
subdivided within these clades into the non-zoonotic and zoonotic strains [17,18]. Different
strains of B. microti have been reported in rodents in Slovenia, Croatia, Poland, Finland,
Germany, Slovakia and France [7,9,12,19–22]. Various B. microti strains may circulate in
rodent community at the same time [7]. However, distributions of B. microti strains in
Europe are still insufficiently characterized.

The aims of the present study were: (1) to investigate the presence of Babesia parasites
in eight species of Lithuanian rodents, (2) to determine the prevalence of Babesia parasites
in rodents from meadows, forests and their ecotones, and (3) to characterize the detected B.
microti strains using partial sequencing of 18S rRNR gene.

2. Materials and Methods

2.1. Study Sites

Rodents were trapped in 19 locations of different habitats in western (Curonian Spit;
sites 1–8 and Nemunas River Delta; sites 9–10) and eastern (sites 11–19) parts of Lithuania
during 2013–2017 (Figure 1). Rodents were captured in meadows, forests and their ecotones.
Rodent sampling in the Curonian Spit was conducted in the coastal meadows (sites 1, 2,
5–8), mixed forests (site 4) and meadow-mixed forest ecotone (site 3). In the Nemunas
River Delta, the trapping was conducted in two habitats: in a flooded meadow (site 9) and
in a spring-flooded black alder stands forest (site 10).

Figure 1. Rodent trapping sites in Lithuania, 2013–2017. Δ/�—forests; ◦/•—meadows; �/�—
ecotones; Δ/◦/�—rodents negative for Babesia parasites; �/•/�—rodents infected with Babesia
parasites. Map was created using Open street map data (open source https://www.openstreetmap.
org, accessed on 22 April 2020).

Eastern Lithuania was represented by different habitats—mixed forests (sites 11,13,
14, 16,19), mixed forest-meadow ecotones (sites 15, 17), and deciduous forests, one of them
in peninsula of Lukštas lake (site 12) and the other on an island in an artificial water body,
Elektrėnai Reservoir (site 18) (Table 1).
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Table 1. Prevalence of Babesia parasites in Lithuanian rodents, 2013–2017 (presented as n/N, %) 1.

No Habitat
A.

flavicollis
A.

agrarius
M.

musculus
M.

minutus
C.

glareolus
M.

oeconomus
M.

agrestis
M.

arvalis Total

1 coastal meadow 4/59 (6.8) 1/40 (2.5) 1/9 1/4 0/1 7/113 (6.2)
2 coastal meadow 2/2 2/2
3 forest-meadow

ecotone 2/192 (1.1) 0/2 0/36 1/2 0/1 3/233 (1.3)
4 mixed forest 0/29 0/29
5 coastal meadow 0/33 0/26 1/5 0/2 1/66 (1.5)
6 coastal meadow 2/54 (3.7) 0/1 1/3 8/18 (44.5) 0/1 11/77 (14.3)
7 coastal meadow 3/37 (8.1) 0/4 0/8 0/2 3/51 (5.9)
8 coastal meadow 0/5 1/1 1/6
9 flooded

meadows 0/52 0/3 0/19 0/40 0/12 0/126
10 flooded forest 0/5 0/7 0/1 1/14 (2.5) 0/2 0/9 1/38 (2.6)
11 mixed forest 0/1 0/13 0/14
12 deciduous forest 0/12 0/6 0/52 0/70
13 mixed forest 0/3 0/7 0/10
14 mixed forest 0/3 0/11 0/14
15 forest-meadow

ecotone 0/20 4/117 (3.5) 4/137 (2.9)
16 mixed forest 0/6 0/14 0/20
17 forest-meadow

ecotone 0/17 0/10 0/12 0/4 0/43
18 deciduous forest 0/2 0/7 0/88 0/97
19 mixed forest 0/22 0/12 0/34

Total 11/499
(2.2) 0/82 0/12 1/77 (1.3) 9/396 (2.3) 10/69

(14.5) 2/28 (7.1) 0/17 33/1180
(2.8)

1 n, number of individuals infected; N, number of individuals tested; No, site number.

2.2. Rodent Trapping

Rodents were trapped by using live or snap traps baited with bread immersed in
unrefined sunflower oil. One trapping session consist of three days. The traps were
checked two times per day [23]. All rodents were identified to species level and gender
morphologically and under dissection, with specimens of Microtus voles identified by their
teeth [24].

2.3. Molecular Analyses

DNA from rodent spleen was extracted using Genomic DNA Purification Kit (Thermo
Fisher Scientific, Vilnius, Lithuania), according to the manufacturer’s protocol. The pres-
ence of Babesia pathogens were conducted through the amplification of the 330 bp fragment
of the 18S rRNA gene in nested PCR using two primer sets BS1/BS2 and PiroA/PiroC
as described by Rar et al. [25,26]. The primary PCR reaction was carried out in a 20 μL
final volume containing: 1 × PCR buffer, 2 mM MgCl2, 0.2 mM dNTPs, 10 pmol of each
primer, 2 U Taq DNA polymerase (Thermo Fisher Scientific, Lithuania), double-distilled
water and 2 μL of DNA template. Reaction was performed according to the conditions:
initial denaturation at 94 ◦C for 3 min, 35 cycles: denaturation at 94 ◦C for 60 s, annealing
at 58 ◦C for 60 s and extension at 72 ◦C for 90 s, and final extension step at 72 ◦C for 3 min.
In the second PCR, the reaction mix was similarly prepared as it was in the first step,
with exception that instead of the DNA, 1 μL of the PCR product was added. The PCR
conditions were: initial denaturation at 94 ◦C for 3 min, followed by 35 cycles: denaturation
at 94 ◦C for 60 s, annealing at 64 ◦C for 60 s, and extension at 72 ◦C for 90 s. The final
extending was at 72 ◦C for 3 min. In each PCR run negative (double-distilled water) and
positive (DNA of Babesia positive ticks, infection confirmed by sequencing) controls were
used. The PCR products were analyzed by horizontal electrophoresis in 1.5% agarose gel
and visualized with ethidium bromide solution (20 ng/μL) using ultra-violet transillumi-
nator UVP GelDoc-It 310 model (Ultra-Violet Products Ltd., Cambridge, UK). The good
quality PCR products of Babesia-positive samples were extracted from agarose gel. GenJet
PCR purification kit (Thermo Fisher Scientific, Lithuania) was used for purification and,
after preparation, samples were sent for direct sequencing by Sanger method to Macrogen
Europe company (Amsterdam, The Netherlands).

The partial 18S rRNA sequences were analyzed using MEGA X software package,
version 10.0.5. [27] and compared with the sequence data available in NCBI GenBank
database using the NCBI BLAST® software (http://blast.ncbi.nlm.nih.gov, accessed on
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6 June 2020). A phylogenetic tree was constructed by applying maximum-likelihood (ML)
method implemented with Tamura-Nei model. Partial 18S rRNA sequences for repre-
sentative samples were submitted to GenBank under the accession numbers: MT745579
to MT745583.

2.4. Statistical Analysis

The between-species and between-location differences in the prevalence of Babesia
infection were tested. For these differences, we used Fisher’s exact test and the Mantel–
Haenszel common odds ratio estimate. Calculations were performed in SPSS software
version 22 (IBM SPSS, Chicago, IL, USA), using 95% confidence intervals. We assessed
the prevalence of Babesia in all investigated rodent species; calculations were performed
in OpenEpi software [28]. 95% CI for prevalence was calculated according to the Wilson
method [29]. We tested the significance of differences in the prevalence between species
and between habitats. These calculations were performed in WinPepi, ver. 11.39. We
used the chi-squared test with Upton’s approximation for small and medium sample sizes.
To express the effect size, we used adjusted Cohen’s w [30]. In all tests, p < 0.05 was
considered significant.

3. Results

We analyzed 1180 rodent individuals, belonging to eight species, best represented by
A. flavicollis and C. glareolus (Table 1). Babesia infected rodents were trapped in nine out of
19 sampling locations (Figure 1). A. flavicollis was the dominant trapped rodent species in
Curonian Spit (70.9%; 409/577) with the prevalence of infection ranging in four locations
(where the infected rodents were captured) from 1.1% to 8.1%. Babesia infected C. glareolus
were found in six of the fifteen sampling locations: with the overall prevalence of infection
estimated at 6.5% on the Curonian Spit, 3% in the Nemunas River Delta and 1.3% in the
eastern part of the country. Babesia infected M. oeconomus and M. agrestis were found in
three and one sampling locations in the Curonian Spit, respectively. One Babesia infected
harvest mouse (Micromys minutus) specimen was found in one location in the Curonian
Spit (site 1) (Table 1). All trapped house mice (Mus musculus), A. agrarius and M. arvalis
were not infected.

3.1. Prevalence of Babesia Parasites in Various Rodent Species

A total of 33 (2.8%, CI = 1.74–4.23%) out of 1180 DNA samples of rodents were
positive for Babesia DNA. The species-based differences of prevalence of Babesia parasites
were significant (14.5%; OR, 3.6; 95% CI, 1.330–9.625; p < 0.012) and are presented in
Figure 2. The highest prevalence of Babesia was found in M. oeconomus and M. agrestis
(14.5% vs. 7.1%, χ2 = 0.98, NS; Cohen’s w = 0.101, small effect size). The prevalence in
M. oeconomus was significantly higher than that in C. glareolus (χ2 = 23.1, w = 0.221), A.
flavicollis (χ2 = 25.7; w = 0.213) and M. minutus (χ2 = 9.0; w = 0.250). All differences are
significant at p < 0.001, effect sizes medium.

3.2. Habitat-Based Differences

In general, the highest prevalence of Babesia parasites was characteristic to rodents, trapped
in meadows (5.67%, CI = 3.87–8.23%), exceeding that in forests (0.31%, CI = 0.05–1.72%),
with intermediate prevalence values observed in ecotones (1.69%, CI = 0.82–3.46%). The
differences between meadow-forest (χ2 = 16.4, p < 0.001) and meadow-ecotone (χ2 = 9.3,
p = 0.002) were highly significant with medium effect size, while that of forest-ecotone
(χ2 = 3.3, p = 0.07) had only a trend without effect (w = 0.067).
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Figure 2. Prevalence (in %, bars represent 95% CI) of Babesia in the eight rodent species, irrespective
to the habitat.

In the forests, only C. glareolus was infected by Babesia with low prevalence (Figure 3a).
In the meadows, minimum observed prevalence of Babesia in M. minutus (Figure 3b) was
significantly exceeded by prevalence in M. oeconomus (χ2 = 8.2, p < 0.01; w = 0.245, medium
effect size), M. agrestis (χ2 = 5.9, p = 0.015; w = 0.261, medium effect) and C. glareolus
(χ2 = 3.9, p < 0.05; w = 0.262, small effect size). Other differences of Babesia prevalence
between rodent species in meadows were not significant. In the forest-meadow ecotone,
prevalence of Babesia in M. oeconomus was higher than in other species, despite minimum
sample size (Figure 3c).

Figure 3. Habitat-based differences of prevalence (in %, bars represent 95% CI) of Babesia in the eight rodent species:
(a) forests, (b) meadows, (c) ecotones.

3.3. Molecular Characterization of Babesia Isolates

A total of 19 18S rRNA sequences derived from four rodent species A. flavicollis (n = 7),
C. glareolus (n = 3), M. oeconomus (n = 7) and M. agrestis (n = 2) were analyzed. The
sequence analysis of the partial 18S rRNA gene revealed that Babesia isolates derived from
rodents were 99–100% identical to B. microti ‘Jena/Germany’ strain (GenBank: KC470047;
EF413181). Two genotypes with one nucleotide difference were detected in M. oeconomus
(Figure 4).
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Figure 4. Phylogenetic tree of the partial 18S rRNA gene of Babesia microti inferred by ML method, the
Tamura–Nei model and bootstrap analysis of 1000 replicates. Marked with dark circle are samples
sequenced in the present study. Sequences MT745579 and MT745581 are representative of six and five
other samples obtained in this study (from A. flavicollis and M. oeconomus), respectively. Sequences
MT745582 and MT745583 are representative of two and one other samples sequenced in the present
study (from C. glareolus and M. agrestis), respectively.

4. Discussion

In this study, Babesia DNA was detected in 33 of 1180 (2.8%) spleen tissue samples of
five small rodent species. The overall prevalence of Babesia varied among rodent species
with the highest prevalence detected in voles M. oeconomus (14.5%) and M. agrestis (7.1%)
(Table 1). Babesia infected M. oeconomus and M. agrestis have been found in north-eastern
Poland with the 39.5% (30/76) and 17.7% (3/17) prevalence of infection, respectively [8].
These figures are almost three times higher compered than that obtained in this study. A
high prevalence of Babesia spp. in M. agrestis has been reported in Austria 30.4% (14/46) [31]
and the United Kingdom 27.9% (671/2402) [14], while Šebek [32] reported a much lower
0.5% (1/218) prevalence of infection in this rodent species in the former Czechoslovakia.
The low overall prevalence of Babesia in this study was detected in C. glareolus (2.3%). In
other European countries, the prevalence of Babesia infection in C. glareolus varied: 39.7%
(60/151) reported in Finland [21], 15.9% (60/151) in Slovenia [12], 11.9% (59/495) in north-
eastern Poland [33], 6.1% (3/49) in Croatia [19,34], 6% (25/405) in the Netherlands [11],
0.8% (4/498) in Slovakia [7,35], 0.68% (1/147) in France [22], 0.03% (11/396) in Germany [9].

Babesia parasites were found with low prevalence in mice A. flavicollis (2.2%) and M.
minutus (1.3%) irrespective of the study sites. In line with our results, a low prevalence of
Babesia in A. flavicollis has been reported in Slovakia (1.7%; 12/706; [7,35]) and in Germany
(0.01%; 1/178; [9]). However, higher Babesia infection rate detected in A. flavicollis was
documented in Croatia 16.9% (11/65) [19,34], in north-eastern Poland 13.1% (8/61) [20]
and in Slovenia 11.8% (15/127) [12]. To the best of our knowledge, our study is the first
report of Babesia infection in M. minutus.

Although, Babesia parasites were not found in A. agrarius and M. arvalis in this study,
it was detected in these rodent species trapped in other locations in Lithuania, with a
prevalence of 2.1% and 9.1%, respectively [36].
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In the present study, a significantly higher overall prevalence of Babesia among investi-
gated areas was found on the Curonian Spit (4.9%, 28/577; OR, 3.3; 95% CI, 2.346–4.720;
p < 0.000) with the highest prevalence of infection (among all locations examined) detected
in coastal meadow, site 6 (14.3%, OR, 0.35; 95% CI, 0.173–0.708; p < 0.004). In line with this,
five various rodent species have been found positive with Babesia in seven out of eight
locations on the Curonian Spit (Table 1). The detected differences in the prevalence of
Babesia parasites in the investigated locations might be explained by habitat factors: the
highest infection prevalence was detected in the coastal meadows habitat (which on the
Curonian Spit most frequent), and additionally by the fact that examined rodents trapped
in the Curonian Spit were frequently infested with immature I. ricinus (mostly larvae) [37].
The overall prevalence of infestation with immature I. ricinus varied between rodent hosts
and was highest for A. flavicollis (56%). The mean intensity of infestation with I. ricinus was
5.2 per rodent hosts (5.6 in A. flavicollis, 3.3 in M. minutus, 3.0 in M. oeconomus, 3.0 in M.
arvalis and 2.0 in C. glareolus) (personal authors data).

Worldwide, seven B. microti strains—‘USA’, ‘Hobetsu’ (‘Otsu’), ‘Nagano’, ‘Kobe’,
‘Jena/Germany’, ‘Munich’ and ‘Baltic’ were identified [18,20,38–40]. In Europe, from those,
four B. microti strains have been detected: the zoonotic ‘Jena/Germany’ and ‘USA’ strains,
and non-zoonotic ‘Munich’ strain reported in Ixodes ticks and rodents [7–9,20,22,33] and
the ‘Baltic’ strain detected in I. persulcatus collected from Estonia and Latvia [39,41] which
pathogenicity for human is not known.

The zoonotic ‘Jena/Germany’ strain has been detected in A. flavicollis, A. agrarius, M.
arvalis and C. glareolus from Slovakia [7,35], in M. oeconomus, M. arvalis and M. agrestis
from Poland [8], in A. flavicollis, C. glareolus and M. arvalis from Germany [9] and in A.
flavicollis and C. glareolus from central Croatia [19], while zoonotic B. microti ‘USA’ strain
was detected in microtine rodents from north-eastern Poland [33]. In this study, the B.
microti ‘Jena/Germany’ strains were detected in A. flavicollis mice and three voles species—
M. oeconomus, M. agrestis and C. glareolus. In previous studies, the zoonotic ‘Jena/Germany’
strains were detected in I. ricinus ticks in Europe, including Baltic countries [39,41,42].
Autochthonous cases of human babesiosis due to the B. microti ‘Jena/Germany’ strain have
been reported in Germany [4] and Poland [5]. Worldwide, most of the human babesiosis
cases have been related to the zoonotic B. microti ‘USA’ strain. A lower virulence of
European B. microti strains compared to those circulating in North America may be the
reason of a lack of recognized human cases associated with European B. microti strains,
despite human exposure to infectious tick bites in this continent. [43].

The non-zoonotic B. microti ‘Munich’ strain has been found in C. glareolus from Slo-
vakia [7], in A. flavicollis and C. glareolus from central Croatia [19] and in C. glareolus from
Finland [21] and France [22]. As a general rule, the B. microti ‘Munich’ strain was not found
outside of the I. trianguliceps distribution area (from Great Britain to Baikal). It is thought
that I. trianguliceps ticks play an important role for the maintenance of the non-zoonotic
B. microti ‘Munich’ strain to mammalian hosts [17]. In Lithuania, I. trianguliceps ticks are
present and previously were found on A. flavicollis and C. glareolus rodents [44]. However,
in the present study, trapped rodents were infested only with immature I. ricinus.

5. Conclusions

Our findings suggest that rodents, especially Microtus voles, play an important role in
the circulation of the zoonotic B. microti ‘Jena/Germany’ strain in Lithuania. The highest
prevalence of Babesia parasites was detected in rodents trapped in coastal meadows. This
study also detected Babesia infection in M. minutus, the first recorded infection in this
species to the best of the authors’ knowledge.
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23. Balčiauskas, L. Methods of Investigation of Terrestrial Ecosystems. Part I. Animal Surveys; Vilnius University: Vilnius, Lithuania,
2004; p. 183.
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Simple Summary: Two stranded striped dolphins presented meningoenchepalitic lesions associated
with the presence of unknown protozoan tissue cysts. The present study aimed at fully characterizing
these previously undescribed parasites. Light microscopy re-examination of affected CNS areas
showed high numbers of tissue cysts with morphological features resembling those of Sarcocystis
species. Tissue cyst bradyzoites positively stained when labeled with polyclonal antisera but cross-
reactivity could not be precluded. Sarcocystis sp. sequences with high homology to species infecting
livestock were amplified by means of PCR from myocardial and muscle tissues. This is the first
report of Sarcocystis-like tissue cysts in the cerebral tissue of stranded cetaceans with muscular
sarcocystosis in Mediterranean dolphins. The obtained results may suggest a land-to-sea cycling
of Apicomplexan parasites in this region and the need for further investigations in order to foster
marine mammal conservation.

Abstract: Two striped dolphins (SD1, SD2), stranded along the Ligurian coast of Italy, were diagnosed
with a nonsuppurative meningoencephalitis associated with previously undescribed protozoan tissue
cysts. As tissue cysts were morphologically different from those of Toxoplasma gondii, additional
histopathological, immunohistochemical, ultrastructural, and biomolecular investigations were
performed, aiming to fully characterize the organism. Histopathology revealed the presence of
large Sarcocystis-like tissue cysts, associated with limited inflammatory lesions in all CNS areas
studied. IHC was inconclusive, as positive staining with polyclonal antisera did not preclude cross-
reaction with other Sarcocystidae coccidia. Applied to each animal, 11 different PCR protocols
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Animals 2021, 11, 1201

precluded a neural infection by Sarcocystis neurona, Sarcocystis falcatula, Hammondia hammondi, and
Neospora caninum. T. gondii coinfection was confirmed only in dolphin SD2. Sarcocystis sp. sequences,
showing the highest homology to species infecting the Bovidae family, were amplified from SD1
myocardium and SD2 skeletal muscle. The present study represents the first report of Sarcocystis-
like tissue cysts in the brain of stranded cetaceans along with the first description of Sarcocystis sp.
infection in muscle tissue of dolphins from the Mediterranean basin.

Keywords: striped dolphin; tissue cysts; neuropathology; Toxoplasma gondii; Sarcocystis-like; genotype

1. Introduction

Tissue cyst-forming coccidia from the genera Toxoplasma, Sarcocystis, and Neospora
(Apicomplexa) are capable of infecting several species of marine mammals and are respon-
sible for either chronic diseases or acute mortality [1]. While Neospora caninum does not
seem to pose a major threat to marine wildlife, Toxoplasma gondii and Sarcocystis neurona are
the two coccidian parasites most widely reported in North American marine mammals [1],
especially in coastal species that are more likely to be overexposed to immunosuppres-
sant chemical pollutants and to high concentrations of land-derived oocysts [2–4]. The
most probable exposure route in these animals is through ingestion of environmentally
resistant oocysts or sporocysts shed on land by the definitive hosts and passed into the
sea through freshwater runoffs or the release of contaminated ship waters. Eventually,
protozoal infectious stages may then accumulate in marine invertebrates, bivalve mol-
lusks, or fish on which intermediate hosts prey [5]. In the Mediterranean basin, T. gondii
is a frequent finding in stranded odontocetes, and it is often associated with protozoal
meningoencephalitis [6,7].

On the other hand, neither muscular nor neural sarcocystosis has ever been officially
reported in this geographical area, to the authors’ best knowledge. However, a fatal case of
hepatic sarcocystosis [8], caused by an unknown species, is the only account of a Sarcocystis
sp. infection in a Mediterranean cetacean.

In this study, we provide evidence of an infection sustained by a Sarcocystis-like
organism in two striped dolphins (Stenella coeruleoalba) stranded along the Ligurian coast
of Italy, in the marine protected area of the Pelagos Sanctuary, in 2011 and 2017.

2. Materials and Methods

2.1. Naturally Infected Dolphins

The cases, SD1 and SD2, included in the present study were diagnosed during routine
pathological and cause-of-death assessment in stranded cetaceans at the Istituto Zoopro-
filattico Sperimentale del Piemonte, Liguria e Valle d’Aosta. The two striped dolphins
(Stenella coeruleoalba), stranded along the Ligurian Sea coast in 2011 (SD1) and 2017 (SD2)
(Figure 1), were submitted for a complete postmortem examination, according to standard
protocols [9]. Dolphin SD1 was a 206 cm (total length, TL) adult male, in a poor nutritional
status and in a postmortem condition code 3 (moderately decomposed). Dolphin SD2 was
a 177 cm (TL) juvenile male, in a moderate nutritional status and in postmortem condition
code 2 (fresh). Neither animals displayed any evidence of interaction with fishing activities,
and the stomach chambers were devoid of intake. Initially, postmortem findings from
SD1 and SD2 were previously published [10,11] and, for the present study, these two cases
were re-examined with the focus on neurotrophic causes of inflammation, CNS, and tissue
protozoal cysts, parasite identification, and distribution.
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Figure 1. Map of the study area (Ligurian coastline), displaying the stranding locations (red and
green dots) of the two striped dolphins infected by Sarcocystidae organisms. The map was created
by A.P. with QGIS (QGIS Development Team (2018). QGIS Geographic Information System. Open
Source Geospatial Foundation Project. http://qgis.osgeo.org, accessed on 17 August 20).

During necropsy, the tissue samples of all the major organs and lesions were col-
lected and split into aliquots for subsequent analyses: one was kept frozen at −20 ◦C
for microbiological and toxicological investigations, one was kept frozen at −80 ◦C for
biomolecular analyses, and the other was preserved in 10% buffered formalin for histolog-
ical and immunohistochemical (IHC) investigations. Blood serum, aqueous humor, and
cerebrospinal fluid (CSF) were collected, when available, and kept frozen at −20 ◦C for
serological investigations.

2.2. Histology and Immunohistochemistry

Representative tissues from SD1 (brain, lung, heart, liver, spleen, kidney, prescapular
lymph node, urinary bladder, and reproductive system) and from SD2 (brain, tonsils, lung,
prescapular and tracheobronchial lymph nodes, heart, liver, spleen, pancreas, intestine,
skeletal muscle, skin, kidney, urinary bladder, adrenal gland, tongue lesion, and repro-
ductive system) were collected and fixed in 10% neutral buffered formalin, embedded in
paraffin, sectioned at 4 ± 2 μm, stained with hematoxylin and eosin (H&E), and examined
through a light microscope.

Nine different areas from the brain were sampled and examined, including basal
nuclei, thalamus, mesencephalon, pons, obex, and frontal, parietal, occipital, and cerebellar
cortex. Immunohistochemistry (IHC) for Morbillivirus was performed on tissue sections
from SD1 (brain) and from SD2 (brain, tonsils, lung, prescapular and pulmonary lymph
nodes, spleen, kidney, urinary bladder, liver, skin, and muscle), using a monoclonal anti-
Canine distemper virus (CDV) antibody (VMRD, Pullman, WA, USA) [6]. Toxoplasma gondii
IHC was carried out on the nine aforementioned brain tissues of each case, using a poly-
clonal serum of caprine origin (VMRD, Pullman, WA, USA) [6].

2.3. PCR and Sequence Analysis

Molecular detection of Dolphin morbillivirus (DMV) [12], Herpesvirus (HV) [13], T. gondii [14],
and Brucella spp. [15] was routinely achieved on target tissues available from each case,
consisting of brain, lung, tonsils, lymph nodes, liver, spleen, kidney, bladder, and blood
for DMV, brain, lung, lymph nodes, spleen, and kidney for HV, brain, lymph nodes, liver,

41



Animals 2021, 11, 1201

spleen, heart, and muscle for T. gondii, and brain, lung, tonsils, lymph nodes, liver, spleen,
kidney, and blood for Brucella spp.

For DMV assays, amplicons were directly sequenced using PCR primers on a 3130XL
Genetic Analyzer (Thermo Fisher Scientific Inc., Waltham, MA, USA). Sequences were
aligned using the SeqMan software (Lasergene package. DNASTAR Inc., Madison, WI,
USA) to obtain a consensus sequence and compared with available sequences retrieved
from the National Center for Biotechnology Information (NCBI) database through the
BLAST tool (http://blast.ncbi.nlm.nih.gov/Blast.cgi, accessed on 20 February 2021).

2.4. Serological, Toxicological, and Microbiological Analyses

Serological investigations to screen for the presence of specific antibodies against DMV
and T. gondii were performed [6] on serum, CSF, and aqueous humor, when these samples
were available from SD1 and SD2. These same samples were also tested by rapid serum
agglutination (Rose Bengal plate test, RBT) using RBT antigen produced from B. abortus
strain S99 [6,16] to detect anti-smooth Brucella spp. antibodies.

Toxicological investigations were carried out only in SD2. The toxicological analysis
did not include tissues from SD1 as they were collected before implementing a sam-
pling protocol that included contaminant analyses. Polychlorinated biphenyls (PCBs),
hexachlorobenzene (HCB), and dichlorodiphenyltrichloroethanes (DDTs) were measured
in blubber. Measurements were made according to Environmental Protection Agency
method 8081/8082, with modifications [17], and toxicological stress was evaluated using a
theoretical model [18].

Tissue samples including brain, lung, lymph nodes, liver, spleen, and kidney (SD1
and SD2) were processed for standard aerobic, anaerobic, and microaerobic (5% CO2)
bacterial culture and identification, using biochemical and/or molecular analyses. Follow-
ing international recommendations [19], samples from target tissues underwent specific
bacteriological procedures to screen for Salmonella spp., Listeria spp., and Brucella spp.

2.5. Light Microscopy Re-Examination for Parasite Characterization: Histology and Immunohistochemistry

CNS and heart sections from both SD1 and SD2 and skeletal muscle tissue only
from SD2 were hematoxylin and eosin (H&E)-stained for light microscopy re-examination.
For each organ and the aforementioned CNS areas studied, nine additional 5 μm thick
sections were cut in series from stored paraffin blocks. Sections n◦ 1, 4, and 7 were
stained with H&E for light microscopy examination. For IHC, only sections adjacent to
the H&E slides presenting tissue cysts which were clearly distinct from T. gondii tissue
cysts were used (well-defined cyst wall and >8 μm long bradyzoites). The IHC protocols
included S. neurona polyclonal antibodies (PoAb Rabbit 1 R81, [20]), S. falcatula polyclonal
antibodies (PoAb Rabbit 2 R-anti SF, [20]), and S. neurona monoclonal antibody (MAb
2G5, [21]). The IHC analyses were performed as previously described [21,22]. Sarcocystis
neurona-infected and noninfected murine brains from interferon gamma (IFN-γ) knockout
B6.129S7-Ifngtm1Ts (Mus musculus) (Jackson Laboratories, Bar Harbor, ME, USA) mice [23]
were used, respectively, as positive and negative controls for the polyclonal antibodies,
whereas S. neurona-infected opossum (Didelphis virginiana) intestine tissues and the brain
of a bottlenose dolphin (Tursiops truncatus) foetus born under human care were used,
respectively, as positive and negative control for the monoclonal antibody.

2.6. Electron Microscopy Examination

Transmission electron microscopy (TEM) was performed on CNS samples of both
specimens at the Spanish National Center for Electron Microscopy (Complutense University
of Madrid). For each animal, two cysts were excised from the paraffin block and samples
were prepared for TEM as previously described [24]. Ultra-thin sections were cut on a
Leica UC6 ultramicrotome (Leica Microsystems GmbH, Wetzlar, Germany), mounted onto
TEM grids, and stained with 6% saturated uranyl acetate and 3% lead citrate. Sections were
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examined with a JEOL JEM 1400 Plus (JEOL USA Inc., Peabody, MA, USA) transmission
electron microscope operated at 80 kV.

2.7. Molecular Analyses: Parasite Detection, Identification, and Characterization

Genomic DNA was extracted from CNS, myocardium, and skeletal muscle tissue
samples from SD1 and SD2 and screened for the presence of tissue-cyst forming coccidia
(Sarcocystis spp., T. gondii and N. caninum) DNA using 11 different PCR protocols, detailed in
Supplementary material Table S1. DNA extraction from frozen samples was achieved using
a “four-step” method, namely, ReliaPrep™ gDNA Tissue Miniprep System (Promega Italia
S.r.l. Milan, Italy), whereas DNA extraction from paraffin-embedded samples, previously
purified using the QIAamp DNA FFPE Tissue Kit, was achieved using QIAamp® DNA
Mini Kit (QIAGEN, Hilden, Germany).

For each positive PCR result, amplicons of the expected size were sequenced using
the BigDye® Terminator kit v 3.1 (Applied Biosystems, Foster City, CA, USA) and analyzed
on an ABI 3130 Genetic Analyzer (Applied Biosystems). The obtained sequences were
curated manually if necessary and analyzed using BioEdit software, version 7.0.5.3 [25].
Generated DNA consensus sequences were aligned to appropriate reference sequences
using MEGA X software (http://www.megasoftware.net/ accessed on 20 April 2021) [26],
and compared with available sequences retrieved from the NCBI database through the
BLAST tool (http://blast.ncbi.nlm.nih.gov/Blast.cgi, accessed on 20 February 2021).

Toxoplasma gondii strain genotyping analyses were carried out at the Complutense
University of Madrid. DNA extracts from SD2 heart, muscle, and brain tissues were
subjected to the widely used Mn-PCR restriction fragment length polymorphism (RFLP)
method, with the markers SAG1, SAG2 (5′–3’ SAG2, and alt. SAG2), SAG3, BTUB, GRA6,
c22-8, c29-2, L358, PK1, Apico, and CS3 [27,28]. ToxoDB RFLP genotype was identified
according to http://toxodb.org/toxo/ accessed on 20 April 2021.

3. Results

3.1. Naturally Infected Dolphins

Results of postmortem, routine investigations, along with anamnestic data, are summa-
rized in Table 1.

3.2. Histology and Immunohistochemistry

Significant histopathological lesions detected for SD1 and SD2 are detailed in Table 1.
Both SD1 and SD2 were diagnosed with severe and diffuse NS meningoencephalitis in
association with the detection of protozoan tissue cysts (a single cyst for SD1 and two cysts
for SD2). The cysts were morphologically distinct from T. gondii. In addition, SD2 was also
diagnosed with T. gondii, whereas SD1 samples demonstrated no detectable antibodies for
T. gondii nor detectable T. gondii DNA by PCR. No cysts were observed in the other target
tissues investigated: muscle of SD2 and heart of both SD1 and SD2. Morbillivirus-specific
antigens were detected in brain, urinary bladder, and muscle of SD2 by IHC, while SD1
did not show any specific staining.

All brain cysts observed in both animals stained positive with the polyclonal Ab
raised for T. gondii. Since these data were not supported by molecular and serological
investigations performed in SD1, an antigenic cross-reactivity among genetically related
protozoa was hypothesized.
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3.3. PCR and Sequence Analysis

No biomolecular evidence of DMV, HV, T. gondii or Brucella spp. was found in SD1.
A systemic DMV infection was demonstrated in SD2, through PCR, in brain, lung,

laryngeal tonsils, tracheobronchial lymph node, spleen, kidney, and bladder, and subse-
quently confirmed through amplicon sequencing and BLAST analysis.

However, in SD2, molecular data supported a coinfection with both T. gondii, in brain,
liver, muscle, spleen, and tracheobronchial and pulmonary lymph nodes, and Brucella sp.,
by PCR detection, in brain, liver, lung, spleen, and tracheobronchial, pulmonary, and
prescapular lymph nodes. The HV analysis was negative for SD2.

3.4. Serological, Toxicological, and Microbiological Analyses

Anti-Morbillivirus antibodies (1:16) were detected in serum of SD1, while anti-Morbillivirus
(1:8 serum) and anti-T. gondii antibodies (>1:640 serum; 1:160 CSF; 1:80 aqueous humor)
were detected in SD2. No evidence of anti-Brucella spp. antibodies was demonstrated in
sera, cerebrospinal fluid, or aqueous humor samples from either of the dolphins.

For SD2, the levels of PCBs, HCB, and DDTs, expressed in ng·g−1 on a lipid weight
basis (PCBs: 136810.3; DDTs: 69866.92; HCB: 153.6; canonical variable value (CAN) = 0.688),
confirmed the presence of immunotoxic levels of OC pollutants (CAN > 0.47).

Photobacterium damselae subsp. damselae was isolated by microaerobic bacterial culture
from blowhole and lungs of SD1; no other significant bacteria, including Salmonella spp.,
Listeria spp., and Brucella spp., were isolated. Brucella ceti was isolated from CNS, spleen,
and lung of SD2; no other significant bacteria, including Listeria spp. and Salmonella spp.,
were isolated.

3.5. Light Microscopy Re-Examination: Histology and Immunohistochemistry

For both SD1 and SD2, several non-Toxoplasma protozoal tissue cysts were observed
in all the CNS areas studied, with major involvement of the brain cortical areas. Overall,
neural tissue cysts were round to oval in shape, from 27 to 119.3 μm in diameter, presented
with a distinguishable, apparently smooth outer wall, and they were filled with mild
basophilic bradyzoites (Figure 2). Within the range of the available magnifications, neither
internal septations nor villous protrusions were visible by light microscopy. Moreover, it
was not possible to detect the presence of free schizonts or merozoites in any of the brain
sections examined. The histomorphological appearance was consistent with that of other
apicomplexan coccidia, with most features resembling the genus Sarcocystis. No other cysts
were observed in the heart of either case, while, in the skeletal muscle from SD2, only one
tissue cyst morphologically resembling T. gondii was observed.

Sarcocystis-like tissue cysts in the brains of both SD1 and SD2 stained immunopositive
with the anti-S. neurona polyclonal antiserum. Similar results were obtained with the anti-
S. falcatula polyclonal antiserum whereas MAb 2G5 failed in labeling protozoal antigens.
Overall, the application of the polyclonal antisera resulted in a negative staining of the cyst
wall and in a sparse labeling of the enclosed bradyzoites (Figure 2).

3.6. Ultrastructural Description of Tissue Cysts

After processing of samples, no tissue cysts could be observed from the SD1 specimen-
derived blocks, but a mature thin-walled (400 nm) cyst resembling T. gondii (Figure 3)
was examined in dolphin SD2. Typical morphology with simple wall structure present-
ing vesicles, absence of septae, and small bradyzoites of 5.3 × 1.4 μm in size (n = 10)
were observed.
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Figure 2. Sarcocystis-like tissue cysts in the brain of striped dolphins (Stenella coeruleoalba) SD1 and
SD2 from Liguria, Italy. (A) Parietal cortex (SD1). Protozoan tissue cyst measuring 70 × 50 μm. H&E.
(B) Occipital cortex (SD1). Protozoan tissue cyst measuring 44.6 × 58.1 μm. H&E. (C) Frontal cortex
(SD2). Protozoan tissue cyst measuring 72.83 × 116.34 μm. H&E. (D) Basal ganglia (SD2). Protozoan
tissue cysts measuring (left-right reading) 110 × 119.3 μm, 40 × 19.8 μm and 50 × 99.1 μm. H&E. (E)
Mesencephalon (SD1). Negative immunostaining of a protozoan tissue cyst (arrow). Monoclonal Ab
anti-S. neurona. (F) Cerebellum (SD1). Positive labeling of Sarcocystis-like tissue cyst. Polyclonal Ab
anti-S. falcatula. (G) Mesencephalon (SD1). Positive labeling of a protozoan tissue cyst bradyzoites.
Polyclonal Ab anti-S. neurona. (H) Parietal cortex (SD2). Positive immunostaining of a protozoan
tissue cyst bradyzoites. Polyclonal Ab anti-S. neurona.
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Figure 3. Transmission electron microscopy micrographs of the Toxoplasma gondii tissue cyst studied
from central nervous system of striped dolphin (Stenella coeruleoalba) SD2 in Liguria, Italy. (A) Section
of the thin-walled tissue cyst; note the cyst wall (arrowheads) and densely packaged bradyzoites
(br). (B,C) Details of the simple and thin cyst wall (arrowheads) and granular layer (gl) presenting
vesicles (arrows). (D,E) Ultrastructural details of bradyzoites, note: nucleus (nu), micronemes (mi),
dense granules (dg), amylopectin granules (am), conoid (co), and rhoptries (rh).

3.7. Molecular Detection and Parasite Identification

The findings on PCR screening for tissue-cyst forming coccidia DNA are summarized
in Supplementary material Table S2. PCR n.1 (18S region) and n.9 protocols showed the
presence of cyst-forming coccidia DNA in at least one tissue of each animal, in agreement
with histological findings. Sequencing of PCR products confirmed the absence of T. gondii
DNA in SD1 and the presence of T. gondii in SD2. PCR n.5 and n.6 protocols showed the
presence of Sarcocystis sp. DNA in the tissues from both SD1 and SD2. The Sarcocystis
sp. DNA detection was confirmed by sequencing of the amplicons produced from DNA
extracted from SD1 myocardial tissue and SD2 skeletal muscle tissue. BLAST® analysis
retrieved different homology to Sarcocystis species infecting members of the family Bovidae,
S. hirsuta (99.4%), and S. buffalonis (97.8%), respectively. These sequences were deposited
in GenBank® with the following accession numbers: MW151248 (Sarcocystis sp.) and
MW151249 (Sarcocystis sp.).

PCR n.7 and n.8 protocols resulted in the detection of Sarcocystidae-unspecific prod-
ucts in heart and brain tissues from SD2 followed by PCR n.8, and DNA sequencing which
was used to confirm the presence of T. gondii DNA in SD2 heart and brain tissues. This
finding was further documented by PCR n.10 (specific for T. gondii amplification). Molecu-
lar methods confirmed the presence of T.gondii in addition to the detection of Sarcocystis
DNA. The molecular results suggest a potentially greater distribution of T. gondii parasites
or higher concentration of DNA from T. gondii as compared to the Sarcocystis sp.

Phylogenetic analysis of the 18S rRNA Sarcocystis sp. sequence from SD2 indicated
a Sarcocystis buffalonis-like organism (MW151249) when the sequence was compared to
genetically similar species and the Sarcocystis spp. infecting major livestock species in
Mediterranean Europe (Figure 4). The S. hirsuta-like sequence (MW151248) was not in-
cluded in the tree because of its short length (122 bp). PCR n.11 screening for N. caninum
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DNA resulted in none detected in both cases. All SD2 target organs tested for the presence
of T. gondii DNA were strongly positive (100% homology with other T. gondii sequences
deposited such as MH793505). Furthermore, all three DNA samples from SD2 were geno-
typed by PCR-RFLP method as ToxoDB genotype #3 showing type II alleles for all the
markers except Apico (type I allele) (Table 2).

Figure 4. Phylogenetic positioning of the Sarcocystis-like organism found in muscle of striped dolphin
(Stenella coeruleoalba) SD2 in Liguria, Italy. The evolutionary history was inferred using the maximum
parsimony (MP) method. Tree n.1 out of three most parsimonious trees (length = 1532) is shown. The
consistency index is (0.750000), the retention index is (0.820830), and the composite index is 0.689026
(0.615623) for all sites and parsimony-informative sites (in parentheses). The percentage of replicate
trees in which the associated taxa clustered together in the bootstrap test (1000 replicates) is shown
next to the branches [29].The MP tree was obtained using the subtree–pruning–regrafting (SPR)
algorithm [30] with search level 1 in which the initial trees were obtained by the random addition of
sequences (10 replicates). This analysis involved 21 nucleotide sequences from Sarcocystis species
infecting domestic hosts that are raised in Europe (Bt, Bos taurus; Bb, Bubalus bubalis, Ch, Capra hircus;
Oa, Ovis aries; Ss, Sus scrofa). In cluster B and C, a high or moderate bootstrap (BP) value at each node
supported each group containing closely related Sarcocystis species with canids as the definitive host,
respectively, whereas, in cluster A, some low BP values indicated that the phylogenetic position of
Sarcocystis species with felids as definitive hosts is not conclusive (BP = 34–38%). These results are
probably due to the fact that the 18S rRNA locus is not the most appropriate to infer phylogenetic
relationships; moreover, the short length of the SD2 sequence obtained is a limitation identified
here. Nonetheless, it should be noted that neighbor-joining and maximum-likelihood methods also
resulted in phylogenetic trees in which S. hirsuta, S. buffalonis, and SD2 Sarcocystis sp. grouped
together (data not shown). There were a total of 1974 positions in the final dataset. Evolutionary
analyses were conducted in MEGA X [26].
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Table 2. Results of genotyping analysis carried out on Toxoplasma gondii strain identified in dolphin SD2.

Isolate/
Sample

SAG1 3′-SAG2 5′-SAG2
Alt.

SAG2
SAG3 BTUB GRA6 c22-8 C29-2 L358 PK1 Apico

ToxoDB
PCR-RFLP
Genotype #

RH
(ref. type I)

I I/III I/II I I I I I I I I I #1

Me-49
(ref. type II) II/III II I/II II II II II II II II II II #1

NED
(ref.

type III)
II/III I/III III III III III III III III III III III #2

SD2
(muscle) II/III II I/II II II II II II II II II I #3

SD2 (CNS) II/III II I/II II II II II II II II II I #3

SD2 (Heart) II/III II I/II II II II II II II II II I #3

4. Discussion

NS meningoencephalitis in dolphins is usually related to B. ceti infections, to viruses
such as DMV and HV, and to protozoa, especially T. gondii [7,31]. In this study, involving
two striped dolphins (Stenella coeruleoalba) stranded along the Ligurian coast of Italy,
samples from SD2 demonstrated the presence of T. gondii, DMV, and B. ceti. This coinfection,
alongside with the toxicological stress detected (CAN > 0.47, [18]), has been considered
responsible for the cerebral impairment and the consequential animal’s stranding [10]. In
contrast, samples from SD1 lacked direct detection of commonly recognized neurotropic
agents to explain the observed neuroinflammatory pattern present. SD1 demonstrated
serological evidence of DMV infection, evident by a very low titer of antibodies, and
suggestive of contact with the virus, rather than the disease, i.e., subclinical infection [32].
Therefore, a closer examination of the tissues for other potential neurotropic agents was
undertaken for SD1 and SD2 for comparison.

From the histopathological examination, the morphological appearance of the unusual
cysts observed in both animals was highly suggestive of a Sarcocystis-like coccidium.
Although neither villous protrusions nor internal septations were observed, the protozoan
tissue cysts were large (up to 116 μm in diameter), presented with a discernible thin outer
wall, and the enclosed bradyzoites stained more basophilic than T. gondii ones.

As it is routinely done in suspected cases of toxoplasmosis, an immunohistochemical
characterization of the unknown organism was attempted. The obtained results were
inconclusive and consistent with the reviewed literature [20–22]. The reactivity of the two
polyclonal Sarcocystis spp. antisera was mild and failed to label the tissue cyst wall. The
absent reactivity of the cyst wall may be related to its maturity, as previously proposed [22].
This similar reactivity of both the anti-S. neurona and anti-S. falcatula antisera to the cysts
is in agreement with what has been previously reported [20,21]. A possible broader
spectrum of antigenic cross-reactivity between closely related Sarcocystis species and other
Apicomplexa has been suggested [20,33].

It should be also noted that, during previous standard investigations, large Sarcocystis-
like tissue cysts in the CNS of both animals stained positively to the anti-T. gondii PoAb,
even in the absence of a molecular and serological confirmation of T. gondii in SD1. This
finding suggests that common epitopes may be shared between these two protozoa and
that the commercial anti-T. gondii PoAb is not specific in discriminating between these
two protozoa, as previously documented by other authors [34], in cases of closely related
cyst-forming apicomplexan parasites. The anti-S. neurona 2G5 monoclonal antibody did not
stain the bradyzoites or the cyst wall of the protozoan tissue cyst in SD1 brain. Although
this monoclonal antiserum is directed against a more conserved epitope among S. neurona
strains and it is suitable to stain FFPE tissues [21], low reactivity was also observed by
other authors [35] in the IHC investigations performed on the brains from California Sea
otters (Enhydra lutris nereis) with PCR-confirmed S. neurona infection.
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Therefore, the diagnostic value of the IHC staining is questionable and, in this study,
could be limited in that both the monoclonal and polyclonal antibodies were raised against
merozoite epitopes and may not be suitable to label the cyst wall or the enclosed brady-
zoites [35].

As the IHC evaluations were insufficient for parasite identification, in order to have
a final confirmation of the parasites detected, 11 different PCR protocols were employed
in an attempt to molecularly characterize the tissue-cyst forming protozoa. Sarcocystis
sp. infections, previously unreported in muscle tissue of Mediterranean cetaceans, were
confirmed by PCR means in the myocardium and in the skeletal muscle.

PCR n.1 excluded parasite identification as S. neurona or S. falcatula in either SD1
or SD2. Moreover, the sequencing of the 18S rDNA amplicon to discern the presence of
mixed protozoal infections [35] was nonspecific in SD1, resulting in exclusion of other
known tissue cyst-forming coccidia, such as T. gondii, N. caninum, and Hammondia hammondi.
Neospora caninum infection was also excluded by specific PCR n.11, and the thickness of the
observed tissue cyst walls did not correspond to what is expected in such an organism.

The results obtained from SD2 tissues should be carefully interpreted. A majority of
the DNA sequencing showed homology to T. gondii sequences deposited in GenBank®.
SD2 was already proven coinfected with T. gondii by means of PCR [14] and IHC [6] and
the massive infection by T. gondii could have masked the detection of other pathogens,
including Sarcocystis sp. Perhaps, in SD2, DNA extraction from purified tissue cyst would
be more effective as compared to genomic DNA extracted without isolating tissue cyst
from the surrounding tissue [36].

PCR protocol n.6 succeeded in amplifying Sarcocystis sp. DNA sequences from target
organs. A short sequence (122 bp), showing high BLAST homology with S. hirsuta, was
obtained from SD1 myocardium, whereas a longer (188 bp), high-quality sequence was
obtained from SD2 skeletal muscle showing 97.8% homology with S. buffalonis isolates.

To date, S. hirsuta and S. buffalonis have been reported only in cattle and water buf-
faloes [33] and seem to be strictly intermediate host-specific, like other livestock Sarcocystis
species, with no reported infection in non-ruminant intermediate hosts. Furthermore, in
the present study, parasite identification was achieved targeting the 18S rRNA gene but
other authors [37,38] recommend the analysis of cox1 gene to molecularly discriminate
between Sarcocystis species-infecting hosts from the Bovidae family.

Although lacking additional natural cases or experimental infections, the possibility
for marine wildlife to share Sarcocystis species with domestic animals cannot be ruled out
completely, especially when intermediate hosts are phylogenetically related. Specifically,
the order Cetacea is a sister-group to the family Hippopotamidae and to the Ruminantia
taxa [39] which includes also the Bovidae family.

However, considering the results of the BLAST analysis in relationship to sequence
quality and the host specificity of this protozoal family, it is most likely that a previously-
undescribed Sarcocystis-like protozoa, within the family Sarcocystidae and phylogenetically
related to species cycling in livestock, is infecting Mediterranean marine mammals. The
lack of reports and of prevalence data on muscular sarcocystosis in the Mediterranean
makes it difficult to determine the origin of this pathogen.

Since the highest degree of similarity was observed with bovine and bubaline Sarcocys-
tis species, a land-to-sea transfer can be hypothesized for this protozoon even though, in the
absence of an exhaustive characterization, a marine cycle cannot be discarded. Being that
most Sarcocystis species are highly host-specific, the hypothesis of a two-host heteroxenous
marine cycle, like the one proposed for Sarcocystis balaenopteralis [40], seems unlikely as
dolphins are apex predators rather than prey in the Mediterranean food web.

To date, S. neurona is commonly reported in cases of muscular and neural sarcocystosis
diagnosed in marine mammals in North America [1], but its presence has not yet been
reported in Europe. However, a S. neurona infection in Mediterranean dolphins is highly
improbable due to the lack of the definitive hosts (D. virginiana and D. albiventris) which
are geographically confined to the New World.
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In the Mediterranean basin, protozoal meningoencephalitis has been limited to reports
associated with T. gondii subacute to chronic infections [6,7]. A T. gondii infection was also
confirmed and fully characterized by means of TEM, IHC, and PCR in the present study.
Multilocus RFLP PCR genotyping of the T. gondii strain infecting SD2 retrieved a type
II PRU variant genotype (ToxoDB#3), which is common in felids, livestock, and wildlife
around Europe [41,42]. To date, type II genotypes account for the totality of toxoplasmosis
reports in Mediterranean cetaceans [43–45] (reviewed in Table 3). Although a marine cycle
for this parasite cannot be precluded, the results from SD1 and SD2 support the role of
protozoa as a land-base “pollutant” that have expanded the range of their intermediate
hosts to the marine environment.

Table 3. Summary of the available literature reporting genotyping data on Toxoplasma gondii strains infecting dolphins.

Host Location N◦. of
Individuals

Condition Genotype (n)
Method

(Markers)
Isolate ID Reference

Bottlenose
dolphin
(Tursiops
truncatus)

South
Carolina

(USA)
3 Stranded #1 (2/3);

Unique (1/3)

PCR-RFLP
(SAG1, SAG2,
SAG3, BTUB,
GRA6, c22-8,

c29-2, L358, PK1,
and Apico)

TgDoUs1-3 [46]

Canada (born
in Russia) 1 Captivity #3 (1/1)

PCR-RFLP (B1,
SAG1, SAG2,
SAG3, BTUB,
GRA6, c22-8,

c29-2, L358, PK1,
and Apico)

+PCR-Seq (B1,
SAG1)

TgDoCA1 [47]

Hector’s
dolphins

(Cephalorhynchus
hectori)

New
Zealand 8 By caught/

stranded

#3 (7/8);
Type II variant

(Type I
+ II at L358 and

Type I at
Apico)

PCR-RFLP
(SAG1, SAG2 (5‘

+ 3‘), SAG3,
GRA6, L358,

PK1, and Apico)

No isolation [48]

Striped dolphin
(Stenella

coeruleoalba)

Costa Rica 1 Stranded #1 (1/1)

PCR-RFLP
(SAG1, SAG2,
SAG3, BTUB,
GRA6, c22-8,

c29-2, L358, PK1,
and Apico)

TgSdCo1 [49]

Italy 3 Stranded Type II (2/3);
Unique (1/3)

PCR-seq (B1,
gra6 a

nd uprt1)

TSL2, TSL3,
and TSL6 [43]

Italy 1 Stranded #1 (1/1)

RFLP-PCR
(SAG1, SAG2 (5‘
+ 3‘), alt SAG2,
SAG3, BTUB,

GRA6)

No isolation [45]

Previously, Sarcocystis spp. have not been observed in histopathological brain sections
of stranded cetaceans. The only documented Sarcocystis sp. infection in a wild Mediter-
ranean marine mammal is a hepatic sarcocystosis due to a S. canis-like protozoan infecting
a striped dolphin stranded along the Spanish coast [8]. Sarcocystis spp. have already been
reported in other marine mammals [50,51]. In aquatic species, S. canis-like infection causes
a fatal and acute hepatitis with microscopic lesions confined to the liver [8,24,50]. Mature
and immature schizonts are the protozoal stages observed during histopathological and
TEM investigations, whereas tissue cysts have not been observed [8,50].

However, sarcocysts in muscle tissue are chronic lesions that have been incidentally
observed in mysticetes and odontocetes from other geographical areas without associ-
ated pathology [52–56]. In previous reports, protozoal tissue cysts were attributed to
Sarcocystis spp. only on the basis of light microscopy and TEM findings. In our study,
muscular sarcocystosis was evidenced by means of PCR in each stranded dolphin. To the
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authors’ best knowledge, no other Sarcocystis species have been previously observed or
isolated in Mediterranean cetaceans. Moreover, the prevalence of muscular sarcocystosis
in Mediterranean marine mammals is unknown as such infections are likely overlooked
during routine investigations. Therefore, it is not possible to state whether or not tissue
cysts are a common finding in muscle tissues and which species of Sarcocystis are prevalent
in Mediterranean marine mammals.

The most likely hypothesis would be to consider the same protozoa in the muscle
tissues as the etiologic agents of the cysts observed in the CNS. Nevertheless, we cannot
discard the possibility of two different species infecting the same host. The morphology of
the observed neural cysts is highly suggestive of a Sarcocystis-like coccidium. It was not
feasible to perform a morphological comparison with the muscle tissue cysts because SD1
FFPE skeletal muscle was not available and only T. gondii muscular cysts were observed in
SD2 skeletal muscle sections (data not shown), while no cysts were identified in the heart
sections of either SD1 or SD2.

As the biomolecular investigations failed in amplifying specific Sarcocystis sequences
in the CNS, further investigations are needed to confirm our putative diagnosis.

5. Conclusions

The present study represents the first description of a Sarcocystis-like infection in
muscle tissue of dolphins from the Mediterranean basin along with the first report of
Sarcocystis-like tissue cysts in the brain of stranded cetaceans.

The T. gondii strain detected belongs to a common genotype circulating in Europe,
while the unknown organisms were genetically similar to Sarcocystis species infecting the
Bovidae family. Such results might suggest a land-to-sea cycling of these Apicomplexan
parasites and the need for further investigations.

Because of the novelty of these findings, special attention should be reserved for
the differential diagnosis of protozoal infections when performing sanitary surveillance
on stranded Mediterranean cetaceans, including collection and preservation of tissues to
enable a panel of characterization studies.

Supplementary Materials: The following are available online at https://www.mdpi.com/article/10
.3390/ani11051201/s1, Table S1: Selected PCR protocols used in the present study to detect DNA from
tissue-cyst forming coccidian, Table S2: Results of the PCR protocols screening for tissue cyst-forming
coccidian DNA in target organs.
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Simple Summary: Members of the genus Sarcocystis are worldwide distributed protozoan parasites.
Sarcocystis infections cause great losses in economically important animals. There is a lack of studies
on Sarcocystis in naturally infected wild predators, especially of the family Mustelidae which represent
a presumably important group of definitive hosts of these parasites. The objective of the present study
was to examine the small intestine samples of various mustelid species from Lithuania serving as a
possible source of Sarcocystis spp. using cattle as intermediate hosts. Overall, 84 samples collected
from five mustelid species were analyzed. Oocysts/sporocysts of Sarcocystis spp. were detected in
75 animals (89.3%). Using molecular methods four Sarcocystis spp., S. bovifelis, S. cruzi, S. hirsuta and
S. hominis were identified, with the first two being the most prevalent. These results indicate that
mustelids are involved in the transmission of Sarcocystis spp. using cattle as intermediate hosts. The
determined high prevalence of Sarcocystis spp. rates cause concerns about food safety issues. To
control the spread of infection, further studies on the way carcasses of cattle or beef waste become
accessible to mustelids are needed.

Abstract: There is a lack of research on the role of mustelids in the transmission of various Sarco-
cystis spp. In the present study we tested the hypothesis that widespread mustelids in Lithuania
could be involved in the transmission of Sarcocystis spp. using cattle as intermediate hosts. In
2016–2020, intestinal samples of 84 mustelids were examined. Sarcocystis spp. were identified by
species-specific PCR targeting the cox1 gene and subsequent sequencing. Under a light microscope,
oocysts/sporocysts of Sarcocystis spp. were observed in 40 samples (47.6%), while using molecular
methods, they were detected in 75 animals (89.3%). Four Sarcocystis spp. were identified in the
intestinal samples of American mink (Neovison vison), Beech marten (Martes foina), European pine
marten (Martes martes), European badger (Meles meles) and European polecat (Mustela putorius). The
prevalence of predominant Sarcocystis spp., S. bovifelis (89.3%) and S. cruzi (73.8%) was significantly
higher than that of S. hirsuta (3.6%) and S. hominis (1.2%). In an individual sample, most frequently
two Sarcocystis spp. were identified (69.0%), then a single species (15.5%) and three species (4.8%).
The present study provides strong evidence that mustelids serve as definitive hosts for Sarcocystis
spp. using cattle as intermediate hosts.

Keywords: Sarcocystis; cattle; mustelidae; life cycle; cox1; molecular identification

1. Introduction

Representatives of the genus Sarcocystis (Apicomplexa: Sarcocystidae) are cyst forming
coccidians with an obligatory prey-predator two-host life cycle. Asexual multiplication
with the formation of sarcocysts takes place in the extra-intestinal tissues of the intermediate
host (IH), while sexual stages (oocysts-sporocysts) develop in the small intestine of the
definitive host (DH) [1]. Predators and scavengers serve as DH for Sarcocystis spp., whereas
prey animals become IH [2].

Members of the family Mustelidae may act as IH or DH for several Sarcocystis spp. The
agent of equine protozoal myeloencephalitis, S. neurona was also detected in the muscles
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of a fisher (Martes pennanti), ferret (Mustela putorius furo) and American mink (Neovison
vison) [3]. Additionally, eight species of Sarcocystis have been observed in the muscles
of various mustelids [4]. Recently described S. lutrae [5] was identified in the muscles
of several Carnivora families, Canidae, Mustelidae and Procyonidae [5–7]. The role of
mustelids as DH of Sarcocystis spp. has not been investigated [8].

Mustelidae is the largest and most diverse family in the order of Carnivora in Lithua-
nia, with nine species present [9]. Representatives of mustelids occur in all habitats,
including the urban ones [10,11]. The broad habitat niches of the American mink, the Beech
marten (Martes foina), European badger (Meles meles), European pine marten (Martes martes)
and European polecat (Mustela putorius) are reflected in their diverse diets [10,11]. In gen-
eral, members of the family Mustelidae are opportunistic predators and their diet consists
of birds, various mammals, fish, amphibians, invertebrates, fruits, ungulate carcasses,
plants and mushrooms [12–16]. In Lithuania, the food chains of mustelids, including cattle
carrion, were not investigated in detail, with exception of the European pine marten [17].
Diet of this species in the cold period included 5.3% of carcasses of domestic animals
according to the biomass consumed. Thus, far no studies on the role of mustelids in the
transmission of Sarcocystis in Lithuania have been undertaken.

Recently, a high prevalence of Sarcocystis spp. in cattle from Lithuania has been
recorded [18]. By performing trypsinization of the diaphragm muscles and species-specific
PCR targeting the cox1 (mitochondrial gene encoding subunit 1 of cytochrome c oxidase),
S. cruzi was identified in 96.1% of the samples, S. bovifelis was detected in 71.6% of the
samples, S. hirsuta was confirmed in 30.4% of the samples and S. hominis was observed
in 13.7% of the samples [19]. Canids are DH for S. cruzi, humans are DH for S. hominis,
whereas S. hirsuta and S. bovifelis are transmitted via felids [19]. The Eurasian lynx (Lynx
lynx) is the only wild member of the felids in Lithuania [9]. However, this species is not
abundant and there were approximately 160 lynx individuals in Lithuania in 2018 [20].
Thus, the high prevalence of S. bovifelis implies that it is not solely felids that contribute to
the spread of this species. Therefore, we put forward the hypothesis that mustelids can
act as DH of S. bovifelis. In order to test the assumption, the aim of the present study was
to examine the small intestines of various mustelids from Lithuania for the presence of
Sarcocystis spp. employing cattle as IH.

2. Materials and Methods

2.1. Sample Collection

Between 2016 and 2020, intestine samples of 84 mustelids (40 American mink, 4 Beech
marten, 5 European badger, 20 European pine marten and 15 European polecat) were
studied for the presence of Sarcocystis spp. The animals were collected from hunters,
taxidermists, or biologists who found dead animals on the roadways in different regions of
Lithuania (Figure 1).
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Figure 1. Sarcocystis spp. in the species of Mustelidae in Lithuania. Red color means positive
individuals, green color represents negative individuals.

2.2. Examination of Intestines

Oocysts/sporocysts of Sarcocystis spp. were excreted from the entire intestine of
each mustelids using a slightly modified Verma et al. [21] technique. At first, faeces of
each intestine were squeezed and the entire intestine was cut lengthwise. The intestinal
epithelium was lightly scraped with the help of a scalpel blade and suspended in 50 mL of
water. The homogenate was centrifuged for 10 min at 1000 rpm, 25 ◦C in 50 mL centrifuge
tubes. The supernatant was discarded and sediments were re-suspended in 50 mL water.
Subsequently, the homogenate was centrifuged for 10 min at 1000 rpm, 25 ◦C and the
supernatant was discarded. The examination of the sediments for oocysts/sporocysts under
a light microscope was repeated. The 200 μL of re-suspended sediments were taken from
each sample and used for DNA extraction. DNA was isolated from all mustelid samples.

2.3. Molecular Analysis

DNA extraction from mucosal suspension was performed using the GeneJET Genomic
DNA Purification Kit (Thermo Fisher Scientific Baltics, Vilnius, Lithuania). Sarcocystis spp.
were identified by nested PCR of partial cox1 sequences. Primers used in the present study
are listed in Table 1. PCRs were conducted in the final volume of 25 μL made of 12.5 μL
of DreamTaq PCR Master Mix (Thermo Fisher Scientific, Vilnius, Lithuania), 0.5 μM of
each primer, 0.04 μg template DNA and nuclease-free water. The first run of nested PCR
began with one cycle at 95 ◦C for 5 min followed by 35 cycles of 94 ◦C for 45 s, 58–60 ◦C,
depending on primer pair for 60 s and 72 ◦C for 80 s and ending with one cycle at 72 ◦C for
7 min. For the second PCR assay, 1 μL from the first PCR assay was used. Visualization,
purification and sequencing of PCR products were carried out using a previously described
protocol [22]. The obtained cox1 sequences were compared with the Nucleotide BLAST
program (megablast option) [23]. The cox1 sequences generated in the present study are
available in GenBank with Acc. No. MW595468–MW595608.
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Table 1. The primers used for the nested PCR.

Species Primer Name Primer Sequence Orientation The Run of Nested PCR

S. bovifelis SF1 1 ATGGCGTACAACAATCATAAAGAA Forward First
SkatR CAGGCTGAACAGHABTACGA Reverse First
V2bo3 ATATTTACCGGTGCCGTACTTATGTT Forward Second
V2bo4 GCCACATCATTGGTGCTTAGTCT Reverse Second

S. cruzi SF1 1 ATGGCGTACAACAATCATAAAGAA Forward First
SsunR2 GTGCCTCCCAGGCTGAAYAG Reverse First
GsScruF TGTATCTACTTACGGCAGGTATCTTT Forward Second
GsScruR CGTAGTTAGATCCATATCACTCGGTA Reverse Second

S. hirsuta SF1 1 ATGGCGTACAACAATCATAAAGAA Forward First
SkatR CAGGCTGAACAGHABTACGA Reverse First

GaHiEF 2 GTTGTGCGGTATGAATTATCAACCT Forward Second
GaHiER 2 GGTAAGAACTGGAATGGTTAATATCAG Reverse Second

S. hominis VohoF GTGCGGTATGAACTGTCTACTGCT Forward First
VohoR AATACCTGCCCGGCCTTAAC Reverse First

GaHoEF 2 TCTCTGGTTTTGGTAACTACTTCGT Forward Second
GaHoER 2 CAGACACTGGGATATAATACCGAAC Reverse Second

1 [24], 2 [19].

2.4. Statistical Tests

The prevalence and 95% CI for prevalence were calculated using OpenEpi epidemi-
ological software [25], following the Wilson method for calculating score interval [26].
Differences in the prevalence of the identified Sarcocystis spp. were evaluated using the
Chi-squared test, calculated in WinPepi, ver. 11.39 and using Upton’s approximation for
small and medium sample sizes [27]. Comparing the prevalence of Sarcocystis spp., the
effect size was expressed according to adjusted Cohen’s w [28].

3. Results

3.1. Differences in Prevalence of Sarcocystis spp. Using Microscopic and Molecular Methods

Based on microscopic examination, the prevalence of Sarcocystis spp. in mucosal
scrapings was 47.6% (Table 2). Under a light microscope usually free sporocysts measuring
11.8 × 8.3 μm (7.1–14.5 × 6.5–10.9 μm; n = 219) were seen. Sporulated oocysts of Sarcocystis
17.7 × 13.1 μm (12.5–23.7 × 10.5–18.3 μm; n = 100) were also noticed. With the help of
nested PCR and subsequent sequencing Sarcocystis spp. were confirmed in 75 animals
(89.3%). In general, as compared with morphological examination, the detection rate of
Sarcocystis spp. was significantly higher (χ2 = 33.56, p < 0.0001; adjusted Cohen’s w = 0.709,
large effect size) when a molecular method was employed. The molecular method yielded
significantly more detections in the American mink, European polecat and European badger
(Cohen’s w = 1.083, 0.606 and 1.061, respectively, large effect size). Differences between the
two methods in the Beech marten and European pine marten were not significant (Table 2).
In one American mink and three Beech marten samples, oocysts/sporocysts were detected
microscopically, however, these samples were negative for the examined Sarcocystis spp.
using a molecular analysis.

Based on molecular analysis, the highest prevalence of Sarcocystis spp. was observed
in the Beech marten, followed by the American mink and European polecat; however, even
the lowest prevalence of Sarcocystis spp. detected in the European badger and European
pine marten were 75% and higher (Table 2). The prevalence of Sarcocystis spp. observed in
the Beech marten, American mink and European polecat did not differ statistically (species
cluster with the highest prevalence). The prevalence of Sarcocystis spp. observed in the
American mink was significantly higher (χ2 = 5.09, p < 0.025; Cohen’s w = 0.435, medium
effect size) than that detected in the European pine marten. Other differences were not
significant and the effect size was either small or absent.
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Table 2. Identification of Sarcocystis spp. oocysts/sporocysts in mustelids using microscopic and molecular examination.

Host Species N

Sarcocystis spp. Positive Animals

Microscopic Analysis Molecular Analysis

n % 95% CI N % 95% CI

American mink 40 15 37.5 24.2–53.0 38 95.0 *** 83.5–98.6
Beech marten 4 3 75.0 30.1–95.4 4 100 NS 51.0–100.0

European pine marten 20 12 60.0 38.7–78.1 15 75.0 NS 53.1–88.8
European badger 5 1 20.0 36.2–62.5 4 80.0 * 37.6–96.4
European polecat 15 9 60.0 35.8–80.2 14 93.3 ** 70.2–98.8

Total 84 40 47.6 37.3–58.2 75 89.3 *** 80.9–94.34

Significance of differences between methods is shown in superscript: * p < 0.05, ** p < 0.01, *** p < 0.0001, NS not significant.

3.2. Molecular Identification of Sarcocystis spp.

The comparison of sequences generated in the present study showed the presence of
four Sarcocystis spp. (S. bovifelis, S. cruzi, S. hirsuta and S. hominis) in the analyzed samples
of Mustelidae (Table 3).

Table 3. Intra- and inter-specific genetic variability of identified Sarcocystis spp.

Sarcocystis spp.
GenBank Accession No.

(Length in bp)
Sequence Similarity (%)

Comparing Obtained
Sequences

Comparing Isolates of the
Same Species

Comparing Isolates with
Other Closely Related Species

S. bovifelis MW595468–MW595542
(361) 98.4–100

97.2–100% S. bovifelis
(KT900961–KT900998,
KC209690–KC209696,
MK962347–MK962348,
MT796903–MT796925)

92.5–94.5% S. bovini
(KT900999–KT901022, LC171858)

S. cruzi MW595543–MW595604
(556) 98.2–100

96.0–100% S. cruzi
(KC209597–KC209600,
KT901078–KT901095,
LC171859–LC171862,

MG787071–MG787076,
MT796926–MT796945)

90.8–93.4% S. pilosa
(KU753903–KU753910,

LC349942, LC349966–LC349967,
LC466196–LC466201,

LC481077–LC481081, LC496070,
MT070670– MT070677)

S. hirsuta MW595605–MW595607
(461) 98.9–99.8

98.9–99.8% S. hirsuta
(KC209634,

KT901023–KT901077,
LC171863,

MT796946–MT796951,
MT796958–MT7969)

95.6–96.3% S. buffalonis
(KU247868–KU247873,
MG792800–MG792802)

S. hominis MW595608 (501) -

97.6–99.0% S. hominis
(MH021119,

MK497840–MK497843,
MT796961–MT796964)

87.1–87.8% S. bovifelis

3.3. Distribution of Sarcocystis spp. in the Intestine Samples of Mustelids

Irrespective of the host species, S. bovifelis in the examined samples was identified
most often (Figure 2A). The prevalence of S. bovifelis (89.3%) was significantly higher than
that of S. cruzi (73.8%, a small effect size), S. hirsuta (3.6%, a large effect size) and S. hominis
(1.2%, a large effect size). The prevalence of S. cruzi was significantly higher than that of S.
hirsuta (3.6%) and S. hominis (a large effect size both).
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Figure 2. Prevalence of Sarcocystis spp. in the examined samples of mustelids. (A)—in the pooled sample of all host species,
(B)—in American mink, (C)—in Beech marten, (D)—in European pine marten, (E)—in European badger, (F)—in European
polecat. Differences of prevalence in A: S. bovifelis > S. cruzi (χ2 = 6.65, p < 0.01; Cohen’s w = 0.288), >S. hirsuta (χ2 = 123.32,
p < 0.001; w = 2.376) and >S. hominis (χ2 = 130.79, p < 0.001; w = 2.688); S. cruzi > S. hirsuta (3.6%, χ2 = 86.83, p < 0.001; w =
1.472) and >S. hominis (χ2 = 93.94, p < 0.001; w = 1.604); in B: S. bovifelis >S. cruzi (χ2 = 5.10, p < 0.025; w = 0.372); in E: S.
bovifelis > S. cruzi (χ2 = 3.24, p < 0.075; w = 1.064).

The prevalence of S. bovifelis was the highest, exceeding that of S. cruzi in the examined
samples of the American mink (a medium effect size, Figure 2B) and European badger
(a large effect size, Figure 2E). The prevalence of S. bovifelis and S. cruzi did not differ
significantly in European polecat (Figure 2F) and Beech marten (Figure 2C); in European
pine marten they were equal (Figure 2D). The prevalence of predominant Sarcocystis spp.,
S. bovifelis and S. cruzi, was significantly higher than that of S. hirsuta and S. hominis, in all
host species (Figure 2B–F). Both predominant species were observed in all five examined
host species. Sarcocystis hirsuta was identified in two American mink individuals and one
European polecat individual; whereas S. hominis was confirmed in one European pine
marten individual.

Up to three Sarcocystis spp. were identified in one host individual (Figure 3). No
examined Sarcocystis spp. were found in approximately one tenth of the investigated
animals (10.7%). The prevalence of single species infections was 15.5%; in all cases when a
single species was detected in individual samples, it was S. bovifelis. Two Sarcocystis spp.
(69.0%) were most frequently identified in one host individual and in all such cases it was
S. cruzi/S. bovifelis co-infection. Three Sarcocystis spp. were confirmed in four animals
(4.8%), one European polecat individual, one European pine marten individual and two
American minks. In three of these cases, it was S. bovifelis/S. cruzi/S. hirsuta co-infection,
in one case—S. bovifelis/S. cruzi/S. hominis co-infection.

 

Figure 3. Distribution of the number of Sarcocystis spp. identified in the examined samples of mustelids.

4. Discussion

In the present study, high rates (89.3%) of Sarcocystis spp. employing cattle as IH
were observed in mustelids from Lithuania. Under a light microscope oocysts/sporocysts
were detected in 40 out of 84 samples (47.6%). In comparison, the presence of Sarcocystis
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spp. in 75 (89.3%) mucosal scrapings of mustelids were confirmed by molecular methods.
Usually, molecular analysis is performed when oocysts/sporocysts of Sarcocystis spp. are
microscopically detected in intestine mucosal or faecal samples [2,29–31]. However, the
results of the present study reveal that molecular methods should be applied in testing
all examined samples rather than only microscopically positive ones. No Sarcocystis spp.
were identified in the mucosal scrapings of a single American mink and three European
pine martens using species-specific PCR; however, oocysts/sporocysts were detected in
these samples under a light microscope. Thus, these animals were most likely infected with
oocysts/sporocysts of Sarcocystis spp., which employ other than cattle IH. There are a few
reports on mustelids as DH for Sarcocystis spp. Transmission experiments have shown that
mustelids are DH of several Sarcocystis spp., S. campestris, S. muris, S. putorii, S. undulati
and S. citellivulpes (invalid species by Dubey [1]) using members of the order Rodentia as
IH [8]. Further studies are needed to reveal the role of mustelids in the transmission of
Sarcocystis spp. using various mammals and birds as IH.

Sarcocystis spp. identified in the present study, namely, S. bovifelis, S. cruzi, S. hirsuta
and S. hominis, are specific to their IH [32]. Molecular data suggest that S. cruzi might
occasionally infect water buffaloes (Bubalus bubalis) [33]. However, sheep, goats, pigs,
horses and other domestic animals raised in Lithuania cannot serve as IH of the above-
mentioned Sarcocystis spp. [1]. Of the Lithuanian wild fauna, only the European bison (Bison
bonasus) can possibly act as an IH of some Sarcocystis spp. detected in this study [34–36].
However, the B. bonasus population in Lithuania is not large, it stands at less than 300
individuals and their distribution range does not intersect with the sites of our material on
mustelids [9–11]. Therefore, it is impossible for B. bonasus to be responsible for the high
rates of S. bovifelis and S. cruzi in the intestinal samples of mustelids.

The forest is considered a primary habitat of two mustelid species, European pine
marten and European badger, though they are frequent visitors to the surrounding wood-
lots, meadows and riversides [9]. The habitat of the American mink is related to water—
they inhabit banks of rivers, lakes and ponds. These mustelid species are not closely related
to human settlements. Two other investigated mustelids, American mink and European
polecat, are more often related to settlements than to other habitats, such as forests and
shrubby areas [9]. Habitats preferred by mustelids in Lithuania are similar to those in
other countries [37]. Diet peculiarities of the investigated mustelids are not directly related
to the involvement of these species in the transmission of Sarcocystis spp. using cattle
as IH. All the investigated mustelid species are opportunistic feeders. Among such diet
sources as fruits, berries and other plant materials, invertebrates, fish, amphibians, birds
and various mammals [12–17], only one source, namely, cattle carrion, or other sources of
cattle meat may be related to Sarcocystis spp. we have identified. Mustelid species that we
have investigated [12–17], with the exception of the American mink [38], use carrion of
wild ungulates.

Cattle are too large prey for mustelids to hunt; therefore, mustelids become infected
with S. bovifelis, S. cruzi, S. hirsuta and S. hominis species by scavenging carcasses of cattle.
However, habitat distribution of the five investigated mustelid species in Lithuania (see
above) should exclude contact with carrion of at least two species, American mink and
European pine marten. Therefore, the first assumption about high rates of Sarcocystis spp.
employing cattle as IH is related to food safety issues. In further studies we are going
to examine in what way cattle carcasses or beef waste become accessible to mustelids in
Lithuania. It is important to understand whether there are gaps in the management of
anthropogenic carrion [39] and if this has already become a source of predictable resources
accessible to mustelids. Improper carrion management may be related to (i) dumping
sites, (ii) treatment of the waste from meat processing factories, especially small ones and
located in the countryside and (iii) raw meat waste from homesteads and farms. The two
last sources may be neighboring forests and water bodies, therefore becoming sources of
possible infection and available even to the American mink and European pine marten,
otherwise having no contact with cattle carrion.
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Historically, the disclosure of DH of Sarcocystis spp. was performed by transmission
experiments [40]. Among carnivorous mammals, transmission experiments of Sarcocystis
spp. have mainly been carried out with dogs, foxes and cats [41,42]. Recently, molecular
methods have been applied for the identification of Sarcocystis spp. from fecal or mu-
cosal scraping samples of various wild predators or scavengers infected under natural
conditions [2,29–31]. The present work is the first study of the molecular identification
of Sarcocystis spp. in mustelids. Further molecular examination of oocysts/sporocysts
detected in the intestine or fecal samples of mustelids can help to clarify the role of these
carnivorous mammals in the transmission of Sarcocystis parasites.

It is well known that Sarcocystis spp. transmitted via canids cannot be spread via
felids and vice versa [1]. However, there is a lack of data on whether Sarcocystis spp.
transmitted via canids and/or felids can be spread via mustelids. It was demonstrated that
mustelids and canids could serve as DH of S. undulati and S. citellivulpes [8,43], whereas
mustelids and felids could act as DH for S. muris [8]. Two species, S. bovifelis (89.3%)
and S. cruzi (73.8%), were most common in the analyzed intestinal samples of mustelids
(Figure 2), whereas S. hirusta and S. hominis were confirmed in three and single samples,
respectively. Canids serve as DH for S. cruzi, felids act as DH for S. hirsuta and S. bovifelis
and humans are DH for S. hominis [19]. Thus, our results indicate that mustelids might be
involved in the transmission of Sarcocystis spp. which were confirmed to be transmitted
via canids and felids. Nevertheless, further detailed studies on this subject are required.
Considering a low abundance of wild felids in Lithuania, we speculate that S. hirsuta is
mainly transmitted via felids and S. bovifelis is mainly transmitted via mustelids. To test the
hypothesis, the prevalence of S. hirsuta and S. bovifelis in muscles of cattle can be examined
in European countries where wild felids are more prevalent. Estonia and Finland are the
nearest countries with similar environments and with similar abundances of mustelids
but with the high abundances of Eurasian lynx, while Germany or Belgium may be the
reference countries with the European wildcat (Felis silvestris) populations [44].

5. Conclusions

Using a molecular analysis four Sarcocystis spp. employing cattle as IH (S. bovifelis, S.
cruzi, S. hirsuta and S. hominis) were identified in the intestine mucosal scrapings of five
Mustelidae species for the first time. Thus, the results of the present study indicate that a
wide range of mustelids serve as DH of these Sarcocystis spp. Therefore, it is necessary to
identify gaps in the management of cattle carrion and beef waste.
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Simple Summary: Trichinellosis is an important foodborne zoonosis. In Estonia, Trichinella infections
are endemic in wild animals. This paper summarizes findings of Trichinella-parasites during an 8-year
period in Estonia in selected host species: wild boars, brown bears, Eurasian lynxes, and badgers.
The results highlight that testing wildlife hunted for human consumption for Trichinella is important,
and that there is room for improvement in the proportion of hunted animals tested.

Abstract: In this study, we summarize Trichinella findings from four wild, free-ranging host species
from Estonia during 2007–2014. Trichinella spp. larvae were detected in 281 (0.9%, 95% confidence
interval (CI) 0.8–1.0) of 30,566 wild boars (Sus scrofa), 63 (14.7%, 95% CI 11.6–18.3) of 429 brown
bears (Ursus arctos), 59 (65.56%, 95% CI 55.3–74.8) of 90 Eurasian lynxes (Lynx lynx), and three (60.0%,
95% CI 18.2–92.7) of five badgers (Meles meles). All four European Trichinella species were detected:
T. britovi in 0.7% of the wild boars, 7.2% of the brown bears, 45.6% of the lynxes, and 40.0% of
the badgers; T. nativa in 0.1% of the wild boars, 5.8% of the brown bears, and 20.0% of the lynxes;
T. pseudospiralis in 0.02% the wild boars; and T. spiralis in 0.03% of the wild boars and 4.4% of the
lynxes. The results include the first description from Estonia of T. britovi in brown bear and badgers,
T. pseudospiralis in wild boars, and T. spiralis in wild boars and lynxes. The results indicate high
infection pressure in the sylvatic cycles across the years—illustrating continuous risk of spillover to
domestic cycles and of transmission to humans.

Keywords: foodborne; game meat; Trichinella; wildlife; zoonosis

1. Introduction

Trichinella spp. are zoonotic parasitic nematodes that can be transmitted to humans
by consumption of undercooked or raw meat of infected animals. A multicriteria-based
approach placed Trichinella spiralis as the third and Trichinella spp. other than T. spiralis as
the fifth on a prioritization ranking list of foodborne parasites in Europe, and the fourth
and the third, respectively, in Eastern Europe [1].

Meat of game animals, especially meat of wild boars (Sus scrofa), is considered one of
the main sources of Trichinella infections for humans in Europe [2], and it is acknowledged
as the main source in Estonia [3]. Cases of human trichinellosis have been reported from
Estonia [4], and the proportion testing positive for antibodies against Trichinella spp. was
3.1% in the general adult human population and 4.9% among hunters [5].
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Trichinella spp. are endemic in wildlife in Estonia [6]. A high proportion, 42.1%,
of investigated wild boars that were hunted in 2012–2013 tested positive for antibodies
against Trichinella [7], and the biomass of Trichinella has increased in the main reservoir
hosts raccoon dogs (Nyctereutes procyonoides) and red foxes (Vulpes vulpes) [6,8]. To add to
the knowledge on epidemiology of these zoonotic parasites, the aim of this study was to
summarize Trichinella findings during 2007–2014 in selected sylvatic hosts that are hunted
in Estonia: wild boars, brown bears (Ursus arctos), Eurasian lynxes (Lynx lynx), and badgers
(Meles meles).

2. Materials and Methods

2.1. Ethics

No animals were killed for the purpose of this study. No data of the hunters were
handled in this study.

2.2. Setting

Estonia is a Baltic country located in northeastern Europe. Altogether 158,670 wild
boars, 348 brown bears, 797 lynxes and 1527 badgers were hunted in Estonia in 2007–
2014 [9]. Meat of all these host species included in this study is eaten in the country.

2.3. Samples and Data

The muscle samples included in this study were collected from wild boars, brown
bears, lynxes, and badgers, primarily from the predilection muscle groups (diaphragm,
muscles of foreleg, or tongue), from across Estonia in 2007–2014 by hunters and by meat in-
spectors in game meat processing plants. The samples were sent to the Estonian Veterinary
and Food Laboratory for Trichinella testing as part of meat inspection, either for primary or
confirmatory testing.

Data on sex and age category of the animal, the county where the animal was hunted,
and the year when the animal was hunted were extracted from the submission forms that
accompanied the samples. The age category of wild boars, brown bears and lynxes was
‘juvenile’ for animals the hunters estimated to be up to 2 years of age and ‘adult’ for animals
the hunters estimated to be over two years of age. The counties were categorized into
eastern vs. western counties and southern vs. northern counties (Table 1).
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2.4. Artificial Digestion

The artificial digestion of the samples was carried out at the Estonian Veterinary and
Food Laboratory, which is the national reference laboratory for parasites with its three
regional laboratories. The laboratories are accredited by ISO 17025 and authorized as
official laboratories for Trichinella digestion analyses according to EU 2075/2005 Annex I
Chapter 1 [10]. One of the regional laboratories used Stomacher method according to EU
2075/2005 Annex I Chapter II [10] until 2009.

The testing included both primary and confirmatory testing. Other laboratories
performing Trichinella testing send positive samples to the national reference laboratory for
confirmation and species identification.

A minimum of 10 g muscle tissue was used from each animal in a pooled sample and
50 g for an individual sample, with the exception that in 2007, one regional laboratory used
5 g muscle tissue as the minimum in pooled samples for up to 20 animals. If a pooled
sample was positive, the pool was divided into smaller pools and individual samples were
tested to identify the infected animals.

If larvae were found, they were identified morphologically, counted, washed with tap
water, and stored in ethanol, according to the procedures recommended by the European
Union Reference Laboratory for Parasites [11]. The number of larvae per gram of muscle
tissue (lpg) was calculated for each positive animal.

2.5. Molecular Analysis

Larvae collected in 2007–2010 were identified to the species level at the European
Union Reference Laboratory [11], and larvae collected since 2011 at the Estonian Veterinary
and Food Laboratory. The same multiplex PCR [12] was used for all the analyses. The
method does not include sequencing.

2.6. Statistical Analyses

Only results from primary testing were used for prevalence estimates. Animals were
excluded from statistical analyses if their individual infection status could not be deter-
mined, due to testing as part of a pooled sample followed by unsuccessful identification of
the infected individuals.

We compared the prevalence estimates by sex, by age group, by eastern vs western
counties and by southern vs northern counties, using two-by-two tables. In addition,
we report univariable odds ratios for testing positive for Trichinella, using these same
dichotomous variables, as well as counties as dummy variables and years as dummy
variables.

For the statistical analyses, we used Microsoft Excel, OpenEpi and R [13,14]. We
report 95% confidence intervals (95% CI, Mid-P Exact) for proportions. Associations were
considered statistically significant if two-tailed p < 0.05.

3. Results

The proportion of animals included in this study from the officially reported hunting
bag of the study period was 19.3% for wild boars, 123.6% for brown bears, 12.0% for lynxes
and 0.3% for badgers [9]. A total of 44 wild boars and two lynxes were excluded from
statistical analyses, because their individual infection status could not be determined. The
final sample was 31,090 animals tested as primary testing (Table S1), and 20 positive animals
(15 wild boars, one brown bear and four lynxes) that had been tested for confirmatory
purposes. Data on larval burden were missing for one wild boar and two lynxes. For
Trichinella spp. species identification, altogether 426 larval samples were tested; Trichinella
species was not determined in 70 (16.4%) of the larval samples.

Of the altogether 31,090 animals tested as primary testing, 406 (1.3%, 95% CI 1.2–1.4)
were positive for Trichinella spp. larvae. Altogether 281 (0.9%, 95% CI 0.8–1.0) of the
30,566 wild boars, 63 (14.7%, 95% CI 11.6–18.3) of the 429 brown bears, 59 (65.6%, 95% CI
55.3–74.8) of the 90 lynxes, and three (60.0%, 95% CI 18.2–92.7) of the five badgers were
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Trichinella positive (Table 1). In wild boars and lynxes, a higher prevalence was observed in
adults than in juveniles (p = 0.003 and p = 0.045, respectively) (Table 1). In wild boars, the
prevalence was higher in the western counties than in the eastern counties (p < 0.001), and
in the northern counties than in the southern counties (p = 0.026) (Table 1). The prevalence
in lynxes was higher in the eastern counties than in the western counties (p = 0.020), and in
the northern counties than in the southern counties (p = 0.045). The prevalence varied by
year from 0.4% to 1.6% in wild boars, from 7.9% to 36.7% in brown bears, from 41.7% to
90.9% in lynxes, and from 0.0% to 100.0% in badgers (Figure 1, Table 1). In wild boars, the
prevalence was higher in 2011 (p = 0.001), 2013 (p < 0.001), and 2014 (p < 0.001) than it was
in 2007 (Table 1).

The larval burden appeared generally higher in wild boars than in brown bears and
lynxes (Figure 1, Table 1). Nine wild boars had more than 100 lpg.

 

Figure 1. Percentage of Trichinella spp. positive animals; Mean (solid line) and median (dashed line) number of larvae per
gram tissue in tested wild boars (Sus scrofa, A), brown bears (Ursus arctos, B), Eurasian lynxes (Lynx lynx, C) and badgers
(Meles meles, D), 2007–2014, Estonia.

Mono-species Trichinella infection was found in 97.5% (95% CI 95.0–99.0) of the wild
boars, 94.3% (95% CI 85.4–98.5) of the brown bears, 69.4% (95% CI 55.5–81.0) of the lynxes,
and all badgers that were positive and had the Trichinella species identified. The Trichinella
species that were detected are shown by county and by year in Figure 2, Table 1 and
Table S2. The isolates of 2007–2010 were deposited in International Trichinella Reference
Centre [11].

Trichinella britovi was the most common Trichinella species found in all the investigated
host species. It was found in animals from all counties (Figure 2, Table S2), in 0.7% (95% CI
0.6–0.8) of wild boars, 7.2 % (95% CI 5.1–10.0) of brown bears, 45.6% (95% CI 35.5–55.9) of
lynxes, and 40.0% (95% CI 7.4–81.8) of badgers (Table 2). Trichinella britovi infections were
found in 31 brown bears: in five hunted in Ida-Virumaa in 2007, 2010 and 2011; in four
hunted in Harjumaa in 2010, 2011, 2012, and 2013; in four hunted in Järvamaa in 2008 and
2013; in four hunted in Jõgevamaa in 2011 and 2013; in two hunted in Läänemaa in 2009 and
2010; in four hunted in Lääne-Virumaa in 2009, 2010 and 2013; in one hunted in Põlvamaa
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in 2012; in two hunted in Pärnumaa in 2008 and 2012; and in three hunted in Tartumaa in
2009, 2013 and 2014; and in two badgers, which had been hunted in Lääne-Virumaa and
Viljandimaa in 2013—these are the first confirmed findings of this parasite species in these
host species in Estonia (this study; [15]).

Figure 2. Trichinella species distribution in the tested animals that were positive and Trichinella species identification
was successful, 2007–2014 (A–H, respectively), Estonia. T. britovi—ring, T. nativa—black dot, T. pseudospiralis—star; T.
spiralis—cross, T. britovi and T. nativa—grey dot, T. britovi and T. spiralis—ring with cross.
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The second most common Trichinella species was T. nativa, was found in all the
investigated host species except badgers. Infected animals originated from 11 of the
15 counties; no findings were detected on the islands Hiiumaa and Saaremaa, and the
southeastern counties Võrumaa and Valgamaa (Fig. 2, Table S2). Trichinella nativa was
found in 0.1% (95% CI 0.0–0.1) of wild boars, 5.8 % (95% CI 3.9–8.4) of brown bears, and
20.0% (95% CI 12.7–29.2) of lynxes (Table 2).

Trichinella pseudospiralis was found in 2009 for the first time in wild boars in Estonia
(Table 1; [11,16]). During the study period, this species was found in 0.02% of wild boars
(Table 2); the prevalence was highest in Saaremaa, 0.2% (95% CI 0.1–0.5; Table S2).

The first Trichinella spiralis finding in a game animal in Estonia was identified in a
lynx hunted in 2008 (shipped and tested in 2009), and further findings were detected
in wild boars and lynxes hunted in 2009. The species was found in 0.03% (95% CI 0.0–
0.05) of wild boars and 4.4% (95% CI 1.4–10.4) of lynxes (Table 2). It was detected in
nine counties: Harjumaa, Järvamaa, Läänemaa, Lääne-Virumaa, Põlvamaa, Pärnumaa,
Raplamaa, Saaremaa, and Viljandimaa (Table S2).

4. Discussion

The high number of observations in this study add substantially to the knowledge
on epidemiology of Trichinella spp. in Estonia and highlight that wildlife, including game
animals, have a key role in it. Trichinella spp. are important zoonotic parasites in the
country and the region [17], and it is crucial that the One Health approaches addressing
them cover not only domestic animals and humans, but also wildlife.

It should be emphasized that hunted animals are always a convenience sample: hunt-
ing periods affect the age of the animals included in the sample, and the representativeness
of a hunter-harvested sample is challenging to evaluate. Moreover, it should be noted that
e.g., animals injured in traffic accidents or hunted illegally are not included in the official
hunting statistics. This could explain the higher number of brown bears in our sample than
in the hunting bags.

The sampling was done by hunters and veterinary inspectors, who were advised to
sample from the predilection muscle groups, if these were available [10]. The sampling
was not supervised by the authors, and possible variation in sample material may have
affected the results to the direction of underestimation of the prevalence and in particular
of the larval burden. The predilection muscle groups vary by host species [10], and for
detailed comparisons, sampling the exact same muscle within each host species would be
optimal.

The background information on the animals was provided by the hunters, and the
authors had no means to validate these data. Misclassification of some animals to wrong
age category or sex remain possible, and no data were provided for many animals (Table 1;
Table S1).

The methodology we used is harmonized at international level and thus yields com-
parable results. The prevalence estimates reported in this study are generally in line with
results from previous studies focusing on these host species in Estonia, which estimated the
prevalence to be 0.3–1.0% in wild boars, 29.4% in brown bears, and 47.4–50% in lynxes [8,18].
The proportion of badgers that tested positive in this study was significantly higher (60.0%,
three of five, p = 0.006) than an earlier estimate for badgers hunted in 1965–2000 (6.7%, six
of 89) [19].

While the results of this study are not directly comparable with those from other
countries due to different sampling and study designs, it is clear that Trichinella parasites
thrive in the region. The prevalence in wild boars in this study was lower than that
observed in Latvia [20], but higher than that in Poland [21]. The prevalence in brown
bears and lynxes was higher than that in Finland [22], while the prevalence in lynxes was
lower than that in Latvia [8,23]. The prevalence in badgers is considered low in several
countries [24], however the proportion of positives in this study was substantial, in line
with what has been observed in Latvia, and higher than that in Finland [22,23].
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The results of this study confirm that T. britovi has been winning host-terrain, while
T. nativa is well-established in whole mainland Estonia. It is noteworthy that T. pseudospiralis
was found in animals from the southwestern part of the country. Several studies have
described an increase of T. pseudospiralis findings in wild boar samples in Europe [25]. One
possible vector of T. pseudospiralis are predatory birds, including migratory birds [25]. In
Estonia, the findings of T. pseudospiralis have been made in animals killed near the sea or
wetlands areas, which are good nesting sites for birds. Further research focusing on the
potential host species living in these specific environments could provide insight into the
role of birds in the epidemiology of T. pseudospiralis. Another noteworthy finding was
T. spiralis from a lynx killed in 2009 in Järvamaa county, approximately 30 km from where a
human trichinellosis outbreak was documented ten years earlier, and where T. spiralis was
found in a domestic pig during the investigation [18]. Trichinella spiralis could be infecting
wildlife in Estonia similarly as described by Oksanen and others [22], as spillover from the
domestic cycle. That we did not find freeze-sensitive T. spiralis in the main reservoir animal
host species in our previous study [6] might be explained by two consecutive colder years
before 2011/2012 [26].

In contrast to our previous epidemiological study in the reservoir hosts raccoon dogs
and red foxes, where no obvious geographical differences in Trichinella prevalence were
seen [6], geographical differences in the prevalence were observed in wild boars and lynxes
in this study. Interestingly, we previously demonstrated a higher seroprevalence in wild
boars in the southwestern part of the country [7], and the results of this study confirm a
higher infection prevalence in western and southern counties. The geographical variation
may be due to several factors, including climate, temperature, and snow cover [16,20].

The results of this study exemplify that wild boars can serve as an indicator for
Trichinella spp. monitoring, being annually hunted in high numbers and routinely tested
for Trichinella. Wild boars have been popular game in Estonia after their population rapidly
increased since the second half of the 1990s, supported by relatively mild winters and
supplementary feeding [27–30]. Importantly, the results of this study reflect the situation
before the African swine fever (ASF) outbreak in Estonia, which started in September
2014, and will thus serve as baseline data for future studies that could evaluate how the
ASF-related changes affected the wild boar population and the parasites these animals can
host.

The results of this study highlight that testing wildlife hunted for human consumption
for Trichinella remains important, and that there is room for improvement in the proportion
of hunted animals tested. Wildlife are important for epidemiology of Trichinella spp. in
Estonia, and hunting wild game for human consumption provides a potential transmission
route to humans.

5. Conclusions

In Estonia, Trichinella infections are common in wildlife, including in game animals
hunted for human consumption. High infection pressure was evident in sylvatic cycles,
and the risk for spillover to and from domestic cycles and transmission to humans remain
relevant.

Supplementary Materials: The following are available online at https://www.mdpi.com/2076-261
5/11/1/183/s1: Table S1: Primary testing included in the study: number of wild boars (Sus scrofa),
brown bears (Ursus arctos), Eurasian lynxes (Lynx lynx) and badgers (Meles meles) tested for Trichinella
in Estonia, 2007–2014, by sex, age category, county, and by year. Table S2: Prevalence of Trichinella
infection in wild boars (Sus scrofa), brown bears (Ursus arctos), Eurasian lynxes (Lynx lynx) and
badgers (Meles meles) hunted in Estonia, 2007–2014, by county. Univariable odds to test positive in
comparison to the reference county (Harjumaa), and larval burden data and the Trichinella species
identified are summarized.
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Simple Summary: The tropical rat mite (Ornithonyssus bacoti) is a transmission vector of rickettsia
pox and a potential vector of hemorrhagic fever with renal syndrome (HFRS). This article reports
the distribution and host selection of O. bacoti in Yunnan Province of Southwest China. The original
data came from the investigations in 39 counties of Yunnan. The prevalence (PM), mean abundance
(MA) and mean intensity (MI) were calculated to reflect the infestations of the dominant rat hosts
with O. bacoti mites. The patchiness index and Taylor’s power law were used to measure the spatial
distribution of the mites. A total of 4121 O. bacoti mites were identified from 15 species of small
mammal hosts in 27 of the 39 investigated counties, and 99.20% of them (4088/4121) were found
on rodents. The majority of total O. bacoti mites was found in the flatland landscape (91.28%) and
indoor habitat (73.48%). Moreover, 51.78% and 40.09% of O. bacoti mites were identified from Rattus
tanezumi and R. norvegicus, the two synanthropic rat species. The mites had some host-specificity,
with a preference to two dominant hosts (R. tanezumi and R. norvegicus), and they were of aggregated
distribution on R. tanezumi.

Abstract: (1) Background: As a species of gamasid mite, the tropical rat mite (Ornithonyssus bacoti)
is a common ectoparasite on rodents and some other small mammals. Besides stinging humans to
cause dermatitis, O. bacoti can be a vector of rickettsia pox and a potential vector of hemorrhagic
fever with renal syndrome (HFRS). (2) Objective: The present study was conducted to understand the
host selection of O. bacoti on different animal hosts and the distribution in different environmental
gradients in Yunnan Province of Southwest China. (3) Methods: The original data came from the
investigations in 39 counties of Yunnan, between 1990 and 2015. The animal hosts, rodents and
some other small mammals were mainly trapped with mouse traps. The O. bacoti mites on the body
surface of animal hosts were collected and identified in a conventional way. The constituent ratio (Cr),
prevalence (PM), mean abundance (MA) and mean intensity (MI) were used to reflect infestations of
animal hosts with O. bacoti mites. The patchiness index and Taylor’s power law were used to measure
the spatial distribution pattern of O. bacoti mites on their hosts. (4) Results: A total of 4121 tropical rat
mites (O. bacoti) were identified from 15 species and 14,739 individuals of hosts, and 99.20% of them
were found on rodents. More than half of O. bacoti mites (51.78%) were identified from the Asian
house rat (Rattus tanezumi), and 40.09% of the mites from the Norway rat (R. norvegicus) (p < 0.05).
The infestations of R. tanezumi (PM = 7.61%, MA = 0.40 and MI = 5.31) and R. norvegicus (PM = 10.98,
MA = 1.14 and MI = 10.39) with O. bacoti mites were significantly higher than those of other host
species (p < 0.05). The infestations of two dominant rat hosts (R. tanezumi and R. norvegicus) with O.
bacoti mites varied in different environmental gradients (latitudes, longitudes, altitudes, landscapes
and habitats) and on different sexes and ages of the hosts. The prevalence of juvenile R. norvegicus
rats with O. bacoti mites (PM = 12.90%) was significantly higher than that of adult rats (PM = 9.62%)
(p < 0.05). The prevalence (PM = 38.46%) and mean abundance (MA = 2.28 mites/host) of R. tanezumi

Animals 2021, 11, 110. https://doi.org/10.3390/ani11010110 https://www.mdpi.com/journal/animals81



Animals 2021, 11, 110

rats with O. bacoti mites in the high latitude were higher than those in the low latitudes (p < 0.05).
The majority of the total collected 4121 O. bacoti mites was found in the flatland landscape (91.28%)
and indoor habitat (73.48%) (p < 0.05). The PM (10.66%) and MA (0.49 mites/host) of R. tanezumi
rats with O. bacoti mites were significantly higher in the indoor habitat than in the outdoor habitat
(p < 0.05). The tropical rat mites showed an aggregated distribution pattern on their first dominant
host, R. tanezumi. Conclusion: The tropical rat mite (O. bacoti) is a widely distributed species of
gamasid mite in Yunnan Province, Southwest China, and its dominant hosts are two synanthropic
species of rats, R. tanezumi and R. norvegicus. It is mainly distributed in the flatland landscape and
indoor habitat. It has some host-specificity, with a preference to rodents, especially R. tanezumi and
R. norvegicus. The O. bacoti mites are of aggregated distribution on R. tanezumi rats.

Keywords: Acari; gamasid mite; Ornithonyssus bacoti; distribution; host selection; Yunnan; China

1. Introduction

As a worldwide species of gamasid mite, the tropical rat mite (Ornithonyssus bacoti)
is widely distributed in nearly all parts of the world, except the Arctic and Antarctic
regions [1,2]. It is a common ectoparasite on rodents (rats, mice and voles) and some
other small mammals (e.g., insectivores and tree shrews), frequently occurring on the body
surface and in the nests of its hosts. Ornithonyssus bacoti is the most important species of
gamasid mites associated with medicine, and nearly all its stages (larvae, protonymphs,
deutonymphs and adults) in the life cycle can invade and sting animal hosts for blood
meal [3–5]. The dermatitis caused by the stinging of O. bacoti mites is frequently reported
throughout the world [5–16]. Besides directly stinging humans, O. bacoti is associated with
the transmission of some zoonoses. Together with another species of gamasid mite (Alloder-
manyssus sanguineus), the mite O. bacoti is the confirmed vector of rickettsia pox, caused by
the pathogen Rickettsia akari [1,17,18]. Rickettsia pox is a zoonosis associated with rodents,
and it is mainly prevalent in the United States, Canada, Russia, Ukraine, India and Egypt,
etc. [17,19–21]. Besides being the intermediate host of the animal parasite Litomosoides
carinii, the mite O. bacoti has been proved to be the potential vector of hemorrhagic fever
with renal syndrome (HFRS) caused by hantavirus [22–25].

To date, there have been a lot of studies on the tropical rat mite, O. bacoti. Early
on in the 1940s, some scholars began to feed O. bacoti in the laboratory and designed
some special devices suitable for O. bacoti and some other sucking mites [26,27]. Many
previous publications on O. bacoti and some other species of gamasid mites were about the
mites’ ultrastructure [1,8,28–30], chromosome karyotype, gene sequencing, phylogeny and
control [1,29,31–34], but only few studies were about the mite ecology. To date, there have
been no systematically ecological studies on O. bacoti in Yunnan Province of Southwest
China. Between 1990 and 2015, our research group made a long-term field investigation
and accumulated abundant original data on gamasid mites in Yunnan. To take advantage
of the previous investigation, the present paper analyzed the distribution and host selection
of O. bacoti in Yunnan for the first time, which is an attempt to get more knowledge about
O. bacoti and to enrich the ecological information of the mite.

2. Materials and Methods

2.1. Collection and Identification of Ornithonyssus bacoti and Its Animal Hosts

The original data came from a long-term field investigation in 39 counties of Yunnan
Province in Southwest China, between 1990 and 2015, and the investigated 39 counties
were shown in Figure 1, in Results. A stratified sampling investigation was made in
different geographical localities, latitudes, longitudes, altitude, landscapes and habitats. To
capture animal hosts, mouse traps were placed in the indoor and outdoor habitats of each
investigation site, in the evening, and then checked the following morning. The indoor
habitats covered houses, barns, stables, etc., and the outdoor habitats covered paddy fields,
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cornfields, bush habitats, woodlands, etc. [35]. Each trapped host was euthanized through
anesthesia with ether (cotton balls soaked with ether), within a closed container. Under
the anesthesia, the gamasid mites on the body surface of each host were all collected and
then preserved in Eppendorf tubes with 70% of ethanol. After the mite collection, each
animal host was identified into species according to its morphological features [4,36,37].
Through the dehydration and clarification, the collected gamasid mites were mounted
onto glass slides with Hoyer’s medium and they were then identified into species under
microscopes [38,39]. Based on the identification of gamasid mites, the tropical rat mite
(O. bacoti) was chosen as the target of the present study. In the animal euthanasia, most
rodent pests in agriculture and forestry were anaesthetized to death because the local
government encourages people to kill and eradicate them. Some non-pest small mammals
(e.g., weasels, moles and some squirrels) were anaesthetized only for two to five minutes,
according to their body size, and they were finally released to the wild when they woke up.
The capturing of rodents and other small mammals was officially permitted by the local
authority of wildlife service in Yunnan Province, China. The use of animals (including
animal euthanasia) for research was officially approved by the Animals’ Ethics Committee
of Dali University, and the permitted number was DLDXLL2020-1104. The specimens of
voucher mites and representative animal hosts are deposited in the specimen repository of
the Institute of Pathogens and Vectors, Dali University, Yunnan, China.

2.2. Infestation Statistics

In a conventional way, the constituent ratio (Cr), prevalence (PM), mean abundance
(MA) and mean intensity (MI) were calculated to reflect the infestations of dominant
hosts with tropical rat mites (O. bacoti) [4,40–42]. In the present study, Cr represents the
percentage of O. bacoti mites, PM the percentage of infested hosts by the mites, MA the
number of the mites on each examined host and MI the number of the mites on each
infested host.

2.3. Analysis on Host Selection and Distribution

The infestations of dominant animal hosts with O. bacoti mites were compared on
different sexes and ages of the hosts to reflect the host selection of the mites. The infesta-
tions were compared in different latitudes and longitudes, to reflect the mite’s horizontal
distribution, and compared in different altitudes, to reflect the mite’s vertical distribution.
The latitudes and longitudes were divided into three gradients, and the altitudes were
divided into four gradients. The three latitude gradients include <24◦ N, 24◦ N–26◦ N and
>26◦ N, and the four longitude gradients are <100◦ E, 100◦ E–102◦ E, 102◦ E–104◦ E and
>104◦ E. The four altitude gradients are <1000 m, 1000–2000 m, 2001–3000 m and >3000 m.

2.4. Analysis of Spatial Distribution Pattern

The patchiness index (m*/m) and Taylor’s power were used to measure the spatial
distribution pattern of tropical rat mites (O. bacoti) among different individuals of its
dominant hosts [43,44]. The formulae of patchiness index and Taylor’s power are listed
as follows.

m ∗ /m =
m + ( σ2

m − 1)
m

; lgσ2 = lga + blgm (1)

In the above formulae, m*/m = patchiness index, m = mean of O. bacoti mites on its
dominant hosts and σ2 = variance of the mites; lg a = intercept on the Y-axis, and b = the
slope or regression coefficient. When m*/m > 1, a > 1 and b > 1 or a > 1, b = 1, the spatial
distribution pattern is determined as the aggregated distribution; when m*/m = 1, a = 1
and b = 1, the random distribution; when m*/m < 1, a < 1, b < 1, the uniform (or even)
distribution [45,46].
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2.5. Analysis on Interspecific Association

Based on a contingency table (see Table 10 in Results), the association coefficient (V)
was used to measure the interspecific association between the tropical rat mite (O. bacoti)
and some other related species of gamasid mites on the dominant animal hosts. In the
contingency table, O. bacoti was defined as “species X”, while the other related mite species
was defined as “species Y”. The association coefficient (V) is as follows.

V =
ad − bc

√
(a + b)(c + d)(a + c)(b + d)

(2)

In the above formula, V = the association coefficient between species X and Y; a = the
host individuals on which species X and Y simultaneously occur; b = the host individuals
on which species Y occurs, but species X does not occur; c = the host individuals on which
species X occurs, but species Y does not occur; and d = the host individuals on which
both species X and Y do not occur. When V > 0 and p < 0.05, the interspecific relationship
between species X and Y is determined as the positive association; when V < 0 and p < 0.05,
we have the negative association; P is the significance probability in Chi-square test (χ2).

2.6. Significance Test

Chi-square test (χ2) was used to test the significance of Cr, PM and V. Nonparametric
test was used to test the significance of MA and MI. All the statistical analyses were
performed with R software version 3.5.3.

3. Results

3.1. Abundance of Ornithonyssus bacoti

A total of 139,111 gamasid mites were collected from 74 species and 17,638 individ-
uals of animal hosts, rodents and some other small mammals, in 39 counties of Yunnan.
Of 139,111 collected gamasid mites, 137,210 of them were identified as 156 species and
39 genera in 13 families, and the remaining 1901 mites remained unidentified because of
blemished, obscure and damaged structures or suspected new species. A total of 4121 trop-
ical rat mites (O. bacoti) were identified from 15 species and 14,739 individuals of hosts,
and they accounted for only 2.96% (4121/139,111) of the total mites. The identified 4121
O. bacoti mites were distributed in 27 counties (Figure 1).
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Figure 1. The 39 investigated counties and 27 counties with tropical rat mites (Ornithonyssus bacoti) collected (marked with
“*”) in Yunnan Province, Southwest China (1990–2015).

3.2. Host Selection of Ornithonyssus bacoti

The identified 4121 O. bacoti mites came from 15 species, 8 genera and 4 families of
animal hosts in 3 orders, Rodentia, Soricomorpha and Scandetia. On the order level of
animal hosts, 99.20% of O. bacoti mites (4088/4121) were found on the order Rodentia,
which was significantly higher than that on Soricomorpha and Scandetia (p < 0.05). The
percentages of O. bacoti mites found on the family Muridae (4088/4121 = 99.20%) and the
genus Rattus (3953/4121 = 95.92%) were the highest of four host families and eight genera
(p < 0.05). On the species level of hosts, the majority of O. bacoti mites was identified from
two dominant rat hosts, with 51.78% of the mites on the Asian house rat (Rattus tanezumi)
and 40.09% of the mites on the Norway rat (R. norvegicus) (p < 0.05). Of the 15 species
of hosts, the infestations of the dominant rat hosts (R. tanezumi and R. norvegicus) with
O. bacoti mites were significantly higher than those of other 13 species of hosts (p < 0.05)
(Table 1). Positive linear correlations existed among PM, MA and MI, with r = 0.685 between
MA and MI, r = 0.646 between MA and PM and r = 0.332 between MI and PM (p < 0.05)
(Figure 2).

Table 1. Infestations of two dominant rat hosts (Rattus tanezumi and R. norvegicus) with tropical rat mites (Ornithonyssus
bacoti) in Yunnan Province, Southwest China (1990–2015).

Host Species

Host Individuals Infestations of Hosts with O. bacoti Mites

Examined
Hosts

Infested
Hosts

Mite
Individuals

Constituent Ratios
of Mites (Cr, %)

Prevalence
(PM, %)

Mean
Abundance

(MA)

Mean
Intensity

(MI)

Rattus tanezumi 5285 402 2134 51.78 7.61 0.40 5.31
Rattus norvegicus 1448 159 1652 40.09 10.98 1.14 10.39

Other 13 host species 8006 68 335 8.13 0.85 0.04 4.93
Total * 14,739 629 4121 100.00 4.27 0.28 6.55

*Annotation: The other 13 species of animal hosts are Rattus nitidus, Mus musculus, R. brunneusculus (R. sladeni), Suncus murinus, Crocidura
attenuata, Apodemus draco, Niviventer andersoni, Tupaia belangeri, A. chevrieri, N. confucianus, Eothenomys miletus, M. caroli and A. peninsulae.
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Figure 2. The linear regression between PM, MA and MI of 15 host species with O. bacoti mites in
Yunnan Province, Southwest China (1990–2015).

Different sexes and ages of two dominant rat hosts (R. tanezumi and R. norvegicus)
showed some differences in the infestations with O. bacoti mites. The infestations of male
rats (R. tanezumi and R. norvegicus) with O. bacoti mites were slightly higher than those of
female rats, but the differences were of no statistical significance (p > 0.05) (Tables 2 and 3).
The prevalence of juvenile R. norvegicus rats with the mites (PM = 12.90%) was significantly
higher than that of adult rats (PM = 9.62%) (p < 0.05). The mean abundance (MA mites/host)
and mean intensity (MI mites/host) of juvenile R. norvegicus rats with the mites were
slightly higher than those of adult rats, but the differences were of no statistical significance
(p > 0.05). The infestations of juvenile R. tanezumi rats with the mites (PM, MA and MI)
were also slightly higher than those of adult rats, but the differences were of no statistical
significance (p > 0.05) (Tables 2 and 3).

Table 2. Infestations of different sexes and ages of R. tanezumi rats with O. bacoti mites in Yunnan Province, Southwest
China (1990–2015).

Sexes and Ages
of Hosts

Examined
Hosts

Infested
Hosts

Infestations of Different Sexes and Ages of Rat Hosts with O. bacoti Mites

Mite
Individuals

Constituent
Ratios of the
Mites (Cr, %)

Prevalence
(PM, %)

Mean
Abundance

(MA)

Mean
Intensity

(MI)

Males 2540 207 1157 72.54 8.15 0.46 5.59
Females 2534 194 974 61.07 7.66 0.38 5.02
Total * 5074 401 2131 100.00 7.90 0.42 5.31

Juveniles 1227 99 536 25.15 8.07 0.44 5.41
Adults 3847 302 1595 74.85 7.85 0.41 5.28
Total * 5074 401 2131 100.00 7.90 0.42 5.31

* Annotation: The animal hosts without records of sexes and ages were not included in the above table.
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Table 3. Infestations of different sexes and ages of R. norvegicus rats with O. bacoti mites in Yunnan Province, Southwest
China (1990–2015).

Sexes and Ages
of Hosts

Examined
Hosts

Infested
Hosts

Infestations of Different Sexes and Ages of Rat Hosts with O. bacoti Mites

Mite
Individuals

Constituent
Ratios of the
Mites (Cr, %)

Prevalence
(PM, %)

Mean
Abundance

(MA)

Mean
Intensity

(MI)

Males 734 82 919 55.63 11.17 1.25 11.21
Females 712 77 733 44.37 10.81 1.03 9.52
Total * 1446 159 1652 100.00 11.00 1.14 10.39

Juveniles 659 85 1191 72.09 12.90 1.81 14.01
Adults 769 74 461 27.91 9.62 0.60 6.23
Total * 1428 159 1652 100.00 11.13 1.16 10.39

* Annotation: The animal hosts without records of sexes and ages were not included in the above table.

3.3. Horizontal Distribution of Ornithonyssus bacoti

The infestations of two dominant rat hosts (R. tanezumi and R. norvegicus) with O. bacoti
mites showed some differences in different latitudes and longitudes (horizontal distribu-
tion). The PM (38.46%) and MA (2.28 mites/host) of R. tanezumi with O. bacoti mites,
together with MA (2.04 mites/host) of R. norvegicus with the mites, were higher in the high
latitude (>26◦ N) than in other latitudes (p < 0.05) (Tables 4 and 5). The MA (0.63 mites/host)
of R. tanezumi rats with the mites was higher in the longitude <100◦ E than in other three
longitudes (p < 0.05), and the PM (16.81%) and MA (2.10 mites/host) of R. norvegicus
with the mites were higher in the longitude 100◦ E–102◦ E than in other three longitudes
(p < 0.05) (Tables 4 and 5).

Table 4. Infestations of R. tanezumi rats with O. bacoti mites in different latitudes and longitudes of Yunnan Province,
Southwest China (1990–2015).

Latitudes and
Longitudes

Examined
Hosts

Infested
Hosts

Infestations of Rat Hosts with O. bacoti Mites in Different Latitudes and
Longitudes

Mite
Individuals

Constituent
Ratios of the
Mites (Cr, %)

Prevalence
(PM, %)

Mean
Abundance

(MA)

Mean
Intensity

(MI)

Low latitude <24◦
N 2967 73 345 16.17 2.46 0.12 4.73

Middle latitude
24–26◦ N 2279 314 1700 79.66 13.78 0.75 5.41

High latitude >26◦
N 39 15 89 4.17 38.46 2.28 5.93

Total * 5285 402 2134 100 7.61 0.40 5.31
Longitude <100◦ E 1789 185 1136 53.23 10.34 0.63 6.14

Longitude
100◦ E–102◦ E 3164 193 920 43.11 6.10 0.29 4.77

Longitude
102◦ E–104◦ E 205 8 18 0.84 3.90 0.09 2.25

Longitude
>104◦ E 127 16 60 2.81 12.60 0.47 3.75

Total * 5285 402 2134 100 7.61 0.40 5.31

* Annotation: The animal hosts without records of latitudes and longitudes were not included in the above table.
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Table 5. Infestations of R. norvegicus rats with O. bacoti mites in different latitudes and longitudes of Yunnan Province,
Southwest China (1990–2015).

Latitudes and
Longitudes

Examined
Hosts

Infested
Hosts

Infestations of Rat Hosts with O. bacoti Mites in Different Latitudes and
Longitudes

Mite
Individuals

Constituent
Ratios of the
Mites (Cr, %)

Prevalence
(PM, %)

Mean
Abundance

(MA)

Mean
Intensity

(MI)

Low latitude <24◦ N 117 8 25 1.51 6.84 0.21 3.13
Middle latitude

24–26◦ N 1264 141 1490 90.19 11.16 1.18 10.57

High latitude >26◦ N 67 10 137 8.29 14.93 2.04 13.70
Total * 1448 159 1652 100.00 10.98 1.14 10.39

Longitude <100◦ E 200 17 149 9.02 8.50 0.75 8.76
Longitude

100◦ E–102◦ E 690 116 1447 87.59 16.81 2.10 12.47

Longitude
102◦ E–104◦ E 259 25 53 3.21 9.65 0.20 2.12

Longitude >104◦ E 299 1 3 0.18 0.33 0.01 3.00
Total * 1448 159 1652 100 10.98 1.14 10.39

* Annotation: The animal hosts without records of latitudes and longitudes were not included in the above table.

3.4. Vertical Distribution of Ornithonyssus bacoti

The infestations of two dominant rat hosts (R. tanezumi and R. norvegicus) with O. bacoti
mites showed some differences in different altitudes (vertical distribution). The PM (27.27%)
and MA (0.82 mites/host) of R. tanezumi rats with O. bacoti mites were highest above 3000
m, but MI (7.62 mites/host) was highest below 1000 m (p < 0.05). The PM (13.40%), MA
(0.77 mites/host) and MI (5.74 mites/host) of R. norvegicus rats with the mites were highest
at 1000–2000 m (p < 0.05) (Table 6).

Table 6. Infestations of R. tanezumi and R. norvegicus rats with O. bacoti mites in different altitudes of Yunnan Province,
Southwest China (1990–2015).

Dominant Rat
Hosts and Altitudes

(Meters)

Examined
Hosts

Infested
Hosts

Infestations of Rat Hosts with O. bacoti mites in Different Altitudes

Mite
Individuals

Constituent
Ratios of the
Mites (Cr, %)

Prevalence
(PM, %)

Mean
Abundance

(MA)

Mean
Intensity

(MI)

R. tanezumi
<1000 932 94 716 47.32 10.09 0.77 7.62

1000–2000 1548 210 763 50.43 13.57 0.49 3.63
2001–3000 195 13 25 1.65 6.67 0.13 1.92

>3000 11 3 9 0.59 27.27 0.82 3.00
Total * 2686 320 1513 100.00 11.91 0.56 4.73

R. norvegicus
<1000 15 0 0 0 0 0 -

1000–2000 291 39 224 85.82 13.40 0.77 5.74
2001–3000 358 23 37 14.18 6.42 0.10 1.61

>3000 28 0 0 0 0 0 -
Total * 692 62 261 100.00 8.96 0.38 4.21

* Annotation: The animal hosts without records of altitudes were not included in the above table.

3.5. Landscape and Habitat Distribution of Ornithonyssus bacoti

The majority of total collected 4121 O. bacoti mites was found in the flatland landscape
(1894/2075 = 91.28%) and indoor habitat (3028/4121 = 73.48%) (p < 0.05). The infestations
of two dominant rat hosts (R. tanezumi and R. norvegicus) with O. bacoti mites showed
some differences in two kinds of landscapes (mountainous and flatland landscapes), but
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the differences were of no statistical significance (p > 0.05) (Table 7). The infestations of
R. tanezumi and R. norvegicus with the mites also showed some differences in two kinds
of habitats. The PM (10.66%) and MA (0.49 mites/host) of R. tanezumi rats with the mites
were significantly higher in the indoor habitat than in the outdoor habitat (p < 0.05). The
PM (11.50%), MA (1.30 mites/host) and MI (11.31 mites/host) of R. norvegicus rats with
the mites were higher in the indoor habitat than in the outdoor habitat, but the differences
were of no statistical significance (p > 0.05) (Table 8).

Table 7. Infestations of R. tanezumi and R. norvegicus rats with O. bacoti mites in different landscapes of Yunnan Province,
Southwest China (1990–2015).

Dominant Rat
Hosts and

Landscapes

Examined
Hosts

Infested
Hosts

Infestations of Rat Hosts with O. bacoti Mites in Different Landscapes

Mite
Individuals

Constituent
Ratios of the
Mites (Cr, %)

Prevalence
(PM, %)

Mean
Abundance

(MA)

Mean
Intensity

(MI)

R. tanezumi
Flatland landscape 2094 63 487 81.03 3.01 0.23 7.73

Mountainous
landscape 879 31 114 18.97 3.53 0.13 3.68

Total * 2973 94 601 100.00 3.16 0.20 6.39
R. norvegicus

Flatland landscape 940 104 1282 100.00 11.06 1.36 12.33
Mountainous

landscape 110 0 0 0 0 0 -

Total * 1050 104 1282 100.00 9.90 1.22 12.33

* Annotation: The animal hosts without records of landscapes were not included in the above table.

Table 8. Infestations of R. tanezumi and R. norvegicus rats with O. bacoti mites in different habitats of Yunnan Province,
Southwest China (1990–2015).

Dominant Rat
Hosts and Habitats

Examined
Hosts

Infested
Hosts

Infestations of Rat Hosts with O. bacoti Mites in Different Habitats

Mite
Individuals

Constituent
Ratios of the
Mites (Cr, %)

Prevalence
(PM, %)

Mean
Abundance

(MA)

Mean
Intensity

(MI)

R. tanezumi
Indoor habitats 2607 278 1274 59.70 10.66 0.49 4.58

Outdoor habitats 2678 124 860 40.30 4.63 0.32 6.94
Total * 5285 402 2134 100.00 7.61 0.40 5.31

R. norvegicus
Indoor habitats 1191 137 1549 93.77 11.50 1.30 11.31

Outdoor habitats 241 22 103 6.23 9.13 0.43 4.68
Total * 1432 159 1652 100.00 11.10 1.15 10.39

* Annotation: The animal hosts without records of habitats were not included in the above table.

3.6. Spatial Distribution Pattern and Interspecific Association

A total of 5285 Asian house rats (R. tanezumi), the first dominant host of the tropical
rat mites (O. bacoti), were captured in 35 of 39 investigated counties, but there were only
24 counties where R. tanezumi harbored O. bacoti mites. To establish a linear regression
equation based on Taylor’s power law, the 24 counties were recombined as four “sam-
ple units”, according to their adjacent locations, and then the mean (m) and variance
(σ2) of O. bacoti mites on R. tanezumi rats in each sample unit were calculated (Table 9).
According to the calculated m and σ2, a linear regression equation was established as
lg σ2 = lg 39.30 + 1.42 lg m, where both a (39.30) and b (1.42) were beyond 1 (a > 1, b > 1),
the border value for determining the aggregated distribution. The calculated patchiness
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index (m*/m) in each sample unit was also higher than 1 (m*/m > 1), the border value for
determining the aggregated distribution (Table 9). On the body surface of R. tanezumi rats,
there were a lot of L. nuttalli mites (the other species of gamasid mites) that co-occurred
with O. bacoti mites, and therefore the interspecific association between O. bacoti and L. nut-
talli was studied. The result showed that there was a slight negative association between
O. bacoti and L. nuttalli (V = −0.0794, V < 0, p < 0.05) (Table 10).

Table 9. The mean (m), variance (σ2) and patchiness index (m*/m) of O. bacoti mites on R. tanezumi rats in each recombined
sample unit of Yunnan, Southwest China (1990–2015).

Sample Units
Individuals of R.

tanezumi Rats
Individuals of O.

bacoti Mites
Mean (m) Variance (σ2) Patchiness index (m*/m)

1 1071 871 0.81 68.98 104.06
2 235 740 3.15 106.28 11.40
3 1329 375 0.28 7.66 93.65
4 2650 148 0.06 0.45 126.36

Total 5285 2134 - - -

Annotation: Each sample unit represents the following counties: 1 = Njian + Dali + Binchuan +Yangbi + Xiangyun + Weishan + Jianchuan
+ Heqing; 2 = Lushui + Fugong + Weixi + Gongshan + Lijiang; 3 = Gengma + Lianghe + Longchuan + Yingjiang + Longyang + Ruili +
Yongde + Cangyuan; 4 = Luliang + Fuyuan + Maguan + Suijiang + Menghai + Yuanjiang + Simao + Mengzi + Jinghong + Ninger + Jinping
+ Hekou + Qiubei + Wenshan.

Table 10. The contingency table for measuring the interspecific association between O. bacoti mites
and L. nuttalli mites on the body surface of R. tanezumi rats in Yunnan, Southwest China (1990–2015).

Items
O. bacoti Mites (Species X)

Total
+ −

L. nuttalli mites + 79 (a) 1646 (b) 1725 (a + b)
(Species Y) − 323 (c) 3237 (d) 3560 (c + d)

Total 402 (a + c) 4883 (b + d) 5285 (n)

4. Discussion

In laboratories, the tropical rat mite (O. bacoti) is often found on the experimental rats
and mice, and it does a great harm to experimental animals [6,47,48]. Therefore, it is impor-
tant to make a systematic study on O. bacoti. Some previous ecological studies of gamasid
mites mainly focused on some local species surveys, faunal studies and community in-
vestigations [4,36,49]. Although some local investigations on the fauna and community
of gamasid mites included the constituent ratio of O. bacoti, there were few independent
and systematic studies of O. bacoti [16,38,50]. The present study systematically analyzed
the distribution and host selection of O. bacoti in Yunnan Province of Southwest China for
the first time. The original data came from a long-term investigation between 1990 and
2015, and the investigated 39 counties covered the different localities of Yunnan Province,
Southwest China. The tropical rat mite (O. bacoti) was found in 27 of 39 investigated
counties (Figure 1), and it suggests that O. bacoti is a widely distributed species of gamasid
mites in Yunnan.

The present study showed that 99.20% of tropical rat mites (O. bacoti) were found on
rodents (the order Rodentia), even though three orders of hosts (Rodentia, Soricomorpha
and Scandetia) harbored the mites. Although O. bacoti mites occurred on different categories
of hosts (15 species, 8 genera, 4 families and 3 orders), most of them were identified from
two dominant rat species, the Asian house rat (R. tanezumi) and the Norway rat or brown
rat (R. norvegicus). The infestations of R. tanezumi and R. norvegicus with O. bacoti mites were
significantly higher than those of other 13 host species. The results suggest that O. bacoti has
some host-specificity and it has a preference to R. tanezumi and R. norvegicus in Yunnan. The
higher prevalence (PM) of juvenile R. norvegicus rats with O. bacoti mites than that of adult
rats (Table 2) may imply the preference of the mites to juvenile hosts. Rodents are closely
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related to human beings, and they are the infection source and reservoir hosts of many
zoonotic diseases [18,51]. The rodent-preference of O. bacoti would increase the potential
risk of the mite’s attacking humans and spreading some zoonoses. The Asian house rat
(R. tanezumi) and the Norway rat (R. norvegicus) are two major species of rodents associated
with human settlements in Yunnan Province and some other places of China [52,53]. Rattus
tanezumi (often called R. flavipectus in China) is widely distributed in the vast areas south
of the Yangtze River, in Southern China. It is a very common rodent species in residential
areas (especially the indoor habitats) in Central and Southern Yunnan [54,55]. Rattus
norvegicus is widely distributed in the whole China, and it is also a very common rodent
species in residential areas (especially the indoor habitats) in Yunnan, often co-occurring
in the same areas with R. tanezumi [35,56–58]. The previous studies revealed that the
main hosts of O. bacoti included some synanthropic rats and mice with humans (especially
R. norvegicus) and experimental rats and mice [3,7,18]. The most commonly used laboratory
rat is descended from R. norvegicus, which retains many biological characteristics of its
ancestor R. norvegicus [59,60]. The frequent occurrence of O. bacoti on R. tanezumi and
R. norvegicus would highly increase the risk of the mites’ attacking humans and spreading
some zoonoses.

Rattus tanezumi and R. norvegicus were two dominant rat hosts of O. bacoti mites, and
therefore the present paper analyzed the infestations of the two host species with the mites
in different horizontal gradients (latitudes and longitudes) and vertical gradients (altitudes).
The results showed that the infestations of the rats (R. tanezumi and R. norvegicus) with
O. bacoti mites showed some differences in different horizontal and vertical gradients. Some
infestation indices (PM and MA) were higher in the high latitude (>26◦ N) and low longi-
tudes (<100◦ E and 100◦ E–102◦ E) than in other latitudes and longitudes (Tables 4 and 5).
The PM and MA of R. tanezumi rats with the mites were highest above 3000 m, but MI was
highest below 1000 m. The PM, MA and MI of R. norvegicus rats with the mites were highest
at 1000–2000 m (Table 6). The results indicated an unstable fluctuation in different vertical
gradients. The climates in Yunnan province greatly vary from region to region because of
complex topography and altitude gradients. Even within the same latitude or longitude
gradient zone, the climate at a mountainous site with higher altitude may be very different
from that at a flatland site with lower altitude [61–63]. The different infestations of the
rats (R. tanezumi and R. norvegicus) with O. bacoti mites in different horizontal and vertical
gradients may be related to different climates (temperature, humidity and rainfall, etc.) in
different geographical localities. However, it is difficult to explain the unstable fluctuation
of the mite infestations in different horizontal and vertical gradients, and more research
studies still remain to be conducted.

Located in the southwest of China, Yunnan is a mountainous province where moun-
tainous landscapes with higher altitude and lower temperature account for 84% of the
whole territory, and flatland landscapes with lower altitude and higher temperature are
often embedded in mountainous landscapes [63,64]. Although the flatland landscape only
takes a small portion of the whole territory, the majority of O. bacoti mites (91.28%) was
found in the flatland landscape, and this suggests that O. bacoti is mainly distributed in
the flatland landscape. The infestations of the rats (R. tanezumi and R. norvegicus) with the
mites showed some differences in mountainous and flatland landscapes, but the differ-
ences were of no statistical significance (Table 7). In habitat distribution, 73.48% of O. bacoti
mites were collected in the indoor habitat. The PM and MA of R. tanezumi rats with the
mites were significantly higher in the indoor habitat than in the outdoor habitat (Table 8),
indicating the preference of the mites for the indoor habitat. The previous study showed
that the optimum temperature for the development of O. bacoti was about 25 ◦C ± 5 ◦C,
and higher than 30 ◦C or lower than 20 ◦C was not suitable for the mites’ development [65].
The outdoor habitat in the present study involved a series of different sub-habitats, or
microhabitats, such as cultivated farmlands (e.g., paddy fields and cornfields) and uncul-
tivated bush areas and woodlands; the micro-climates in the outdoor habitat are often
unstable. In comparison with the outdoor habitat, the indoor habitat is a relatively closed

91



Animals 2021, 11, 110

environment with a relatively stable and warm temperature and low humidity [65,66]. The
stable and warm micro-climate with relatively low humidity in the indoor habitat may be
more suitable to the growth and reproduction of O. bacoti mites. The frequent occurrence
of O. bacoti in the indoor habitat would highly increase the risk of the mites’ invading and
stinging humans. When rats and mice are not available for O. bacoti mites to suck the blood
of, the mites in the indoor habitat may quickly move onto humans for the blood meal and
then expand their range of activity [1,67,68].

The measurement of spatial distribution pattern of a certain population is one of
important issues in arthropod ecology [69,70]. There are usually three types of spatial
distribution patterns: uniform (or even) distribution, random distribution and aggregated
distribution [52,71–73]. There are a variety of statistical methods to measure the spatial
distribution pattern of a certain population, and the patchiness index and Taylor’s power
law are two of them [43,44,74]. According to the statistics of the patchiness index and
Taylor’s power law, tropical rat mites (O. bacoti) were determined to be of aggregated
distribution on R. tanezumi, the first dominant host. The aggregated distribution indicates
that the mite infestation is not even among different hosts. Some hosts may harbor a
large number of mites, forming a clump of mites on their body surface, while some other
hosts may have no or very few mites on their body surface. The aggregated distribution
pattern of O. bacoti in the present study is consistent with that of some other ectoparasites,
such as chigger mites; this is a common phenomenon in many parasites [38,52,71]. The
aggregated distribution may be beneficial to the survival, mating and defense of the
parasites [4,38,72,73].

The analysis of the interspecific relationship between any two different species is also
an important issue in animal ecology [75,76]. The association coefficient (V) used in the
present study is a simple way to measure the interspecific relationship between any two
species [77–80]. The negative value of the association coefficient (V = −0.0794) may imply
that there is a slight negative association between O. bacoti and L. nuttalli, but the value of
“V = −0.0794” was very close to “0”, and more research is still needed.

5. Conclusions

The tropical rat mite (O. bacoti) is a widely distributed species of gamasid mite in Yun-
nan Province, Southwest China, and its dominant hosts are two synanthropic species of rats,
R. tanezumi and R. norvegicus. It is mainly distributed in the flatland landscape and indoor
habitat. It has some host-specificity, with a preference to rodents, especially R. tanezumi
and R. norvegicus. The O. bacoti mites are of aggregated distribution on R. tanezumi rats.
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Simple Summary: The goal of the study was to compare the efficiency of two commercial DNA
extraction kits together with two different Polymerase Chain Reaction (PCR) protocols in the detection
of Echinococcus multilocularis in the feces of naturally infected foxes. Stool samples from red foxes
were collected in a highly endemic area in Poland. Sedimentation and counting technique (SCT) was
used as a reference method. From 48 samples, 35 were positive in SCT. Further investigations showed
that 40.0% of samples (from those with SCT positive result) after Z—DNA extraction and 45.7% after
Q—DNA extraction gave positive results in nested PCR. In multiplex PCR, positive results were
obtained in 54.3% of samples after Z isolation and 48.6% of samples after Q. Additionally, one sample
negative in SCT gave a positive result in PCR. The number of worms detected in the intestines had
no influence on the PCR results. Both of the extraction methods showed similar efficiency in DNA
isolation and dealing with inhibitors; however, they showed relatively low sensitivity.

Abstract: (1) Background: Due to the increasing distribution of Echinococcus multilocularis infections
in final hosts, epidemiological investigations are important for recognizing the spreading pattern of
this parasite and also to estimate risk infection for humans. (2) Methods: Investigations were
conducted with two commercial kits dedicated for DNA extraction from feces: ZR Fecal
DNA Mini Prep (Zymo Research, Freiburg, Germany) and QIAamp FAST DNA Stool Mini Kit
(Qiagen, Hilden, Germany) (marked as Z and Q), together with two common PCR protocols
(nested PCR and multiplex PCR). The goal was to compare their efficiency in detecting the genetic
material of E. multilocularis in the samples of feces. Stool samples from red foxes were collected
in a highly endemic area in Poland. Sedimentation and counting technique (SCT) was used as a
reference method. (3) Results: From 48 samples, 35 were positive in SCT. Further investigations
showed that 40.0% of samples (from those with SCT positive result) after Z-DNA extraction and
45.7% after Q-DNA extraction gave positive results in nested PCR. In multiplex PCR, positive results
were obtained in 54.3% of samples after Z isolation and 48.6% of samples after Q. Additionally,
one sample that resulted in being negative in SCT gave a positive result in PCR. The number of
worms detected in the intestines had no influence on PCR results. (4) Conclusions: Both of the
extraction methods showed similar efficiency in DNA isolation and dealing with inhibitors; however,
they showed relatively low sensitivity. This was probably caused by degradation of genetic material
in the field-collected samples.

Keywords: Echinococcus multilocularis; PCR; DNA extraction; feces
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1. Introduction

Echinococcus multilocularis is a zoonotic cestode belonging to the Taenidae family. Circulation of
this parasite occurs mostly in the sylvatic cycle, based on predator–prey relationship. Typical definitive
hosts for this tapeworm are canids—in Europe, mainly red foxes (Vulpes vulpes) but also raccoons,
dogs, arctic foxes and wolves. Its intermediate hosts are small rodents, mainly from the Cricetidae
family [1,2]. Humans can become an incidental intermediate host; as a consequence, this infection
leads to the development of alveolar echinococcosis disease caused by larval stage of E. multilocularis,
which is one of the most dangerous parasitic zoonosis in Europe [2]. This happens through accidental
ingestion of the tapeworm’s eggs shed into the environment with feces of infected final hosts. It has
been shown that domestic animals, i.e., dogs and cats, can be infected with this parasite and can become
a potential source of human infections. Nevertheless, the red fox is still the crucial species responsible
for contamination of the environment [2–5]. In light of the recent studies, the distribution pattern of
E. multilocularis and prevalence in previously known areas have increased. Thus, it is important to
conduct monitoring among populations of final hosts. The “gold standard” in detection of adult worms
in definitive host is sedimentation and counting technique (SCT). However, since the SCT technique is
applied postmortem, it is impractical for use in domestic animals. There are many alternative methods
developed for recognizing E. multilocularis infection in definitive hosts, i.e., coproantigen detection
by ELISA [6] or different PCR techniques designed for detection of the parasite’s DNA (from eggs or
copro-DNA) in animal feces [7–12]. One of the advantages of the abovementioned molecular methods
is their sensitivity; however, it is possible that inhibitors present in the feces may prevent the successful
PCR reaction. Consequently, reported results can be false negative. In order to avoid the negative
influence of inhibitors on the amplification process, there are several methods of removing them from
the samples, e.g., using the inhibitor-binding substances included in commercial kits dedicated for
DNA extraction from stool or using the magnetic capture (MC) technique that binds the target DNA
on the magnetic beads in a very specific way [9,10].

The aim of this study was to compare two commercial DNA extraction kits combined with two
PCR techniques commonly used for detection of E. multilocularis DNA. We evaluate their effectiveness
and ability of dealing with inhibitors present in feces.

2. Materials and Methods

The material for this study (48 stool samples) was collected from the large intestine of red
foxes shot by hunters in the area of Podkarpackie province in Southeastern Poland. Intestines were
kept in −80 ◦C for 7 days, for safety reasons, before examination. In a further stage, they were
taken out to thaw overnight, and the next day, sedimentation and counting technique (SCT) was
performed [13,14]. SCT results were treated as reference data for analyzing PCR results. During SCT
protocol, stool samples were collected from posterior part of the rectum and then frozen at −20 ◦C,
for further molecular analysis.

2.1. DNA Extraction

DNA extraction was carried out for all stool samples with two extraction kits:
Z—ZR Fecal DNA Mini Prep (Zymo Research, Freiburg, Germany): An isolation was conducted

in accordance with the standard manufacturer’s protocol.
Q—QIAamp FAST DNA Stool Mini Kit (Qiagen, Hilden, Germany): The isolation was performed

in accordance with the special manufacturer’s protocol for DNA isolation from large volume of stool
with few modifications. In the first step, 1 g of stool sample diluted in 10 mL of InhibitEX Buffer
was vortexed vigorously in 50 mL centrifuge tube containing glass beads. In the first incubation,
the suspension was heated at 95 ◦C (5 min), according to manufacturer’s recommendation for samples
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difficult to lyse. Second incubation was carried out at 70 ◦C for 20 min. In the last step, after adding
ATE buffer, samples were left at room temperature for 5 min. Then, the isolates were kept in −20 ◦C,
until further analysis.

2.2. Polymerase Chain Reactions (PCRs)

PCR was performed simultaneously with two different PCR methods for all DNA samples.
Multiplex PCR [8] was accomplished for amplification of NADH dehydrogenase subunit 1 (nad1)
of E. multilocularis, small subunit of ribosomal RNA (rrnS) of Taenia spp. and rrnS of E. granulosus.
Nested PCR [7], with some modifications [15], was conducted for amplification of mitochondrial
12S ribosomal RNA (12S rRNA) of E. multilocularis. Each DNA sample was tested in undiluted (1/1)
and tenfold diluted (1/10) variant. Moreover, each variant of DNA sample was tested in repetition.
Internal control (DNA extracted from E. multilocularis adult worms) was added to one of two repeated
samples, to make sure that no inhibition occurred. There was no inhibition if the specific band was
present on the gel after electrophoresis.

2.3. Statistical Analysis

Differences in numbers of positive PCR results among two isolation methods (Z and Q) in each
PCR variant were estimated by a chi-square test (or chi-square with Yates correction). The distribution
of quantitative variables was tested by the Shapiro–Wilk test, and the normality hypothesis of the
data was rejected. The relationship between the intensity of infection (number of E. multilocularis
worms in the intestine assessed with SCT) and PCR results was calculated with Spearman’s rank-order
correlation. The differences were considered statistically significant when p < 0.05. The statistical
analysis was performed by using Statistica 9.1 (StatSoft Inc., Tulsa, OK, USA).

3. Results

SCT examination showed the presence of E. multilocularis tapeworms in 35 of the 48 tested samples.
The intensity of infection ranged from 1 to 75,000 tapeworms per intestine.

The PCR results (for E. multilocularis) were compared to the results of SCT. Out of 35 samples
positive for E. multilocularis in SCT, 23 gave a positive result, simultaneously in nested and multiplex
PCR. Nested PCR showed the presence of E. multilocularis genetic material in 14 (after Z isolation)
and 16 (after Q isolation) stool samples in total, 40.0% and 45.7%, respectively (Table 1). In multiplex
PCR, 19 samples (Z) and 17 (Q) gave positive results, 54.3% and 48.6%, respectively (Table 1). There were
no significant differences between Z and Q extraction methods in any variant of PCR and dilution.
Twelve SCT positive samples did not give a band specific for E. multilocularis DNA in any of the PCRs
applied, regardless of the intensity of the infection. Additionally, one negative sample in SCT, gave a
positive result in multiplex PCR (only in undiluted DNA) (Q).

Table 1. Percentages of PCR Echinococcus multilocularis positive results among fecal samples obtaining
from Echinococcus multilocularis sedimentation and counting technique (SCT) positive intestines.

Method of Isolation

Percentage of Positive Results in Echinococcus multilocularis

Nested PCR Multiplex PCR

Total 1/1 1/10 Only 1/1 Only 1/10 Total 1/1 1/10 Only 1/1 Only 1/10

Z 40.0 40.0 34.3 5.7 - 54.3 51.4 42.9 11.4 2.9
Q 45.7 45.7 25.7 20.0 - 48.6 45.7 28.6 22.9 2.9

1/1—results obtained in undiluted DNA variant; 1/10—results obtained in tenfold diluted DNA variant;
only 1/1—positive results obtained only in undiluted variants (while diluted variants were negative);
only 1/10—positive results obtained only in diluted variants (while undiluted variants were negative);
Z—ZR Fecal DNA Mini Prep (Zymo Research, Freiburg, Germany); Q—QIAamp FAST DNA Stool Mini Kit
(Qiagen, Hilden, Germany).
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The analysis of relationship between number of E. multilocularis worms in the intestine and PCR
results showed modern positive correlation for Z extraction (rs = 0.5429 for nested PCR; rs = 0.4629 for
multiplex PCR) and low positive correlation for Q extraction (rs = 0.3436 for nested PCR; rs = 0.3680
for multiplex PCR).

Figure 1 presents percentages of positive PCR results grouped in three levels of intensity estimated
with SCT: low (1–10 worms) (n = 6), medium (11–1000) (n = 17) and high (>1000) (n = 12) intensity.
We observed that only the Q extraction allowed for positive PCR results in low number of worms in
the intestine. Moderate- and high-intensity infection percentages of positive PCR results were similar
in both extraction methods. The highest number of PCR positive results in each variant was detected
in feces coming from intestines infected with a high number of worms (>1000).

 

Figure 1. Percentages of Echinococcus multilocularis positive PCR results in samples of feces coming
from intestines with different number of worms estimated with sedimentation and counting technique
(SCT)—grouped in three levels of intensity: low (1–10 worms), medium (11–1000) and high (>1000)
intensity. Z—ZR Fecal DNA Mini Prep (Zymo Research, Freiburg, Germany); Q—QIAamp FAST DNA
Stool Mini Kit (Qiagen, Hilden, Germany); (A) nested PCR and (B) multiplex PCR.

Internal control gave negative results (both in diluted and undiluted DNA) only in one sample after
Q isolation tested with nested PCR (in multiplex PCR it was positive). This sample after DNA extraction
with the Z method gave positive results in both PCRs. Additionally, in nested PCR, undiluted samples
with added internal control gave significantly more positive results after Z isolation (97.9%) than
Q (83.3%) (Table 2)

Table 2. Results in Echinococcus multilocularis internal controls obtained in nested PCR and
multiplex PCR.

Method of Isolation

Percentage of Positive Results in Echinococcus multilocularis Internal Controls

Nested PCR Multiplex PCR

Total 1/1 1/10 Only 1/1 Only 1/10 Total 1/1 1/10 Only 1/1 Only 1/10

Z 100.0 97.9 a 100.0 0.0 2.1 100.0 100.0 100.0 0.0 2.1

Q 97.9 83.3 b 97.9 0.0 14.6 100.0 100.0 97.9 0.0 0.0
a.b Different letters in superscript indicate statistically significant differences among methods of isolation in
individual variants (p < 0.05). 1/1—results obtained in undiluted DNA variant; 1/10—results obtained in tenfold
diluted DNA variant; only 1/1—positive results obtained only in undiluted variants (while diluted variants were
negative); only 1/10—positive results obtained only in diluted variants (while undiluted variants were negative);
Z—ZR Fecal DNA Mini Prep (Zymo Research, Freiburg, Germany); Q—QIAamp FAST DNA Stool Mini Kit
(Qiagen, Hilden, Germany).

Taenia spp. band in multiplex PCR gave a total of 42 out of 48 isolates (87.5%) after Z isolation
and 91.7% after Q isolation (Table 3). There were no significant differences between method of DNA
extraction in detection of Taenia spp. in any variant.
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Table 3. Percentages of PCR Taenia spp. positive results (multiplex PCR).

Method of Isolation

Percentage of Positive Results for Taenia spp.

Multiplex PCR

Total 1/1 1/10 only 1/1 only 1/10

Z 87.5 87.5 77.1 10.4 -

Q 91.7 89.6 64.6 27.1 2.1

1/1—results obtained in undiluted DNA variant; 1/10—results obtained in tenfold diluted DNA variant;
only 1/1—positive results obtained only in undiluted variants (while diluted variants were negative);
only 1/10—positive results obtained only in diluted variants (while undiluted variants were negative);
Z—ZR Fecal DNA Mini Prep (Zymo Research, Freiburg, Germany); Q—QIAamp FAST DNA Stool Mini Kit
(Qiagen, Hilden, Germany).

Product specific for E. granulosus was not obtained in any of tested samples by multiplex PCR.

4. Discussion

The present study was undertaken to compare two widely used commercial DNA extraction
kits, together with two PCR protocols, i.e., multiplex PCR [8] and nested PCR [7]. We determined the
efficiency of detecting E. multilocularis infection in final hosts by molecular detection of copro-DNA.

Some authors reported higher sensitivity of molecular methods over widely used reference
standards such as SCT or intestinal scraping technique (IST) [10,16]. Isaksson et al. [9] estimated
sensitivity of magnetic capture (MC)-PCR to be 88.2%, and Dinkel et al. [7] estimated sensitivity of 89%
for nested PCR. In our study, from all of the samples confirmed as positive by SCT, only 40.0–54.3% of
them gave positive results in molecular tests (maximum with combination of Z extraction and multiplex
PCR). A similar percentage of positive results (52%) was obtained by Maksimov et al. [17] in the
stool samples from E. multilocularis naturally infected foxes. In Dinkel et al.’s [7] study, they showed
correlation of E. multilocularis gravid worm number in IST and PCR sensitivity. It was on a level of
100% for samples containing 1000 and more adult tapeworms and 70% for 10 or less of immature
ones. Similar dependency was observed by Maksimov et al. [17]. In their studies, PCR sensitivity
was 90% for the samples taken from foxes with intense infection and only 30% for those with low
infection level. In our study, we observed moderate or low positive correlation between number of
worms detected in SCT and PCR results. However, it must be stressed that some of the SCT positive
samples did not show positive PCR results, even though they were extracted from the stool taken from
intestines of foxes with very differential number of tapeworms (from 1 to more than 1000 per sample).
We obtained negative results in molecular tests both for samples with less than 10, as well as a few
thousands of adult worms. Among all of the SCT negative samples, only one sample was PCR positive.
In contrast, Dinkel et al. [7] used IST as a reference method. IST has been proven to be less sensitive
than SCT [18,19]. Therefore, this could be a reason for the higher PCR sensitivity (compared to IST)
in Dinkel’s study than in presented investigation, where SCT was used as a standard. The other factor
that might have affected the detection of E. multilocularis DNA with PCR is that all intestine samples in
this study were collected by hunters in the field. Thus, the storage and transport conditions could not
be controlled in detail. With conventional PCR, Maksimov et al. [17] obtained much better sensitivity
results for samples experimentally spiked with tapeworm eggs in the laboratory conditions than from
naturally infected foxes. Natural conditions and DNase enzymes in the feces may influence or even
damage DNA [20], resulting in a negative PCR outcome even in samples positive in SCT.

PCR amplification of genetic material extracted from stool samples can be disrupted by inhibitors
present in the feces, giving false negative results. There are two most common approaches for
sample treatment that can be applied in order to limit inhibitors presence and lower the risk of
amplification disturbance. One of these approaches is to perform extraction not directly from stool
but from tapeworm eggs separated from the sample prior to extraction [21,22]. This method is useful
especially for experiments with small amounts of stool samples [22]. However, it is time-consuming,
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laborious and carries the risk of losing the positive material. Additionally, flotation is not so highly
efficient in detecting tapeworm eggs; thus, this method may eliminate some of the potentially positive
samples [23]. It is also limited because there are no eggs in the stool in early stage infections with
immature worms [7]. The second approach is conducting DNA extraction from the stool and then
diluting the isolate [23]. Extracting genetic material directly from feces lowers the risk of losing positive
material. Diluting the DNA helps to lower the concentration of inhibitors in the final sample volume,
decreasing the possibility of their influence on the amplification process. It leads not only to lower
the concentration of inhibitors but also a specific DNA, so it is important to use sensitive and specific
PCR protocol in order to obtain satisfactory results. Additionally, the use of an extraction method
suitable for feces is a key factor. In Al-Sabi et al.’s [21] study, they obtained results with sensitivity
on a very low level, by using a commercial kit dedicated for tissues. However, they isolated the
genetic material from stool samples with no inhibitors eliminating step. In Karamon’s [23] study,
two stool dedicated extraction kits gave significantly more positive results in comparison to the method
dedicated for tissues. In order to determine if any DNA inhibition occurred, each sample was tested in
repetition with internal control. In one variant (extraction kit Q combined with nested PCR), there were
eight negative results of internal controls in undiluted DNA samples, while there was only one in
diluted DNA. This confirms the need to examine additional diluted variants of samples, to avoid false
negative results.

The impact of freezing-and-thawing process on the quality of DNA occurring in feces should also
be presented. In this study, all of the intestines were frozen at −80 ◦C, for one week, due to safety
reasons. Then, stool samples taken from the intestines during SCT preparation were frozen at −20 ◦C
and kept for further analysis. Klein et al.’s [16] study shows that freeze–thawing cycles significantly
increase PCR sensitivity, possibly by mechanical disruption of egg shells, which helps release DNA.
In this method, the number of eggs prevalent in the feces influenced the result. On the other hand,
repeated freezing and thawing degrades “free” DNA (DNA from tissue fragments or the whole worms
shed with feces), which negatively affects the sensitivity of further molecular analysis when there are
no or few parasite eggs in the sample [7,23]. False negative results may be also due the fact that, even if
the eggs are present in stool, they may contain too little DNA for efficient amplification [24].

5. Conclusions

Our investigation showed similar effectiveness of two DNA extraction kits dedicated for stool
samples in E. multilocularis detection. Moreover, the presented methods were found to be good at
eliminating of copro-inhibitors. The study indicated the problem with relatively low sensitivity of PCRs
in the examination of field samples from naturally infected animals (in comparison to microscopic
examination of intestine), what was probably connected with degradation of genetic material in feces.
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Simple Summary: Toxoplasma gondii is a zoonotic intracellular parasite which infects a wide range of
warm-blooded animals. Long-term studies provide the necessary perspective required to understand
those processes which took place over many years in order to address epidemiology and ecology in
complex host communities. This study is focused on evaluating what the main long-term determinants
of the seroprevalence of T. gondii are in the wild ungulate community from Doñana National Park
(southwestern Spain). With this purpose, we assayed sera from 1573 wild ungulates (wild boar,
red deer, and fallow deer), collected for 13 years (from 2005 to 2018). We found high seroprevalence
values of T. gondii (% ± CI 95%; wild boar 39 ± 3.3; red deer 30.7 ± 4.4; and fallow deer 29.7 ± 4.2.
Several factors operating in the medium and long-term (individual, environmental, population
and stochastic) explained the risk of T. gondii in wild boar and deer, some of them operating at the
community level.

Abstract: Toxoplasma gondii is an obligate intracellular protozoan which infects warm-blooded
vertebrates, including humans, worldwide. In the present study, the epidemiology of T. gondii was
studied in the wild ungulate host community (wild boar, red deer, and fallow deer) of Doñana National
Park (DNP, south-western Spain) for 13 years (2005–2018). We assessed several variables which
potentially operate in the medium and long-term (environmental features, population, and stochastic
factors). Overall, the wild ungulate host community of DNP had high seroprevalence values of
T. gondii (STG; % ± confidence interval (CI) 95%; wild boar (Sus scrofa) 39 ± 3.3, n = 698; red deer
(Cervus elaphus) 30.7 ± 4.4, n = 423; fallow deer (Dama dama) 29.7 ± 4.2, n = 452). The complex interplay
of hosts and ecological/epidemiological niches, together with the optimal climatic conditions for the
survival of oocysts that converge in this area may favor the spread of the parasite in its host community.
The temporal evolution of STG oscillated considerably, mostly in deer species. The relationships
shown by statistical models indicated that several factors determined species patterns. Concomitance
of effects among species, indicated that relevant drivers of risk operated at the community level.
Our focus, addressing factors operating at broad temporal scale, allows showing their impacts on the
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epidemiology of T. gondii and its trends. This approach is key to understanding the epidemiology and
ecology to T. gondii infection in wild host communities in a context where the decline in seroprevalence
leads to loss of immunity in humans.

Keywords: parasite; long-term study; protozoan; shared infections; zoonoses; wildlife-livestock interface

1. Introduction

Toxoplasma gondii is a zoonotic obligate intracellular protozoan which infects warm-blooded
vertebrates [1]. It has an indirect life cycle where wild and domestic felids are the definitive hosts,
excreting oocyst in feces. Humans, as well as many mammal and bird species, serve as intermediate
hosts of T. gondii and can become infected by vertical transmission, the fecal-oral route, through the
ingestion of water or food contaminated with sporulated T. gondii oocysts, or through the consumption
of tissues from animals infected with encysted bradyzoites [1,2].

T. gondii has been detected in wildlife and livestock worldwide [1]. Previous Spanish studies
revealed a widespread distribution of this parasite in both wild and domestic ungulates, showing
significant differences in the presence of T. gondii among geographic areas [3–7]. In Mediterranean
ecosystems in southern Spain, antibodies against T. gondii have been detected in wild ungulates
including wild boar (Sus scrofa), red deer (Cervus elaphus), fallow deer (Dama dama), roe deer
(Capreolus capreolus), Barbary sheep (Ammotragus lervia), mouflon (Ovis aries musimon) and Iberian
ibex (Capra pyrenaica). In these studies, seroprevalences of 40.2%, 15.6% and 10.5% were reached in
wild boar, fallow deer and red deer, respectively [3,8], being lower or calculated from a few samples
in the other species. Regarding livestock, serosurveys in this region revealed rate levels ranging
between 18.6–83.3% and 16.2–24.3% in domestic ungulates [5,8,9] and pigs, respectively [7,10,11].
Higher seroprevalences from this area have been reported in wild carnivores, especially in the Iberian
lynx (Lynx pardinus), reaching rates of 81.5% [12].

Host-pathogen dynamics are subjected to several processes which operate over broad temporal
scales; however, little attention has been paid to T. gondii, and particularly, in intermediate host
communities at the wildlife-livestock interface [4,8]. Wide temporal data series are essential to address
epidemiology and ecology in complex host communities with the necessary perspective required
to understand processes taking place over many years [13–16]. In Doñana National Park (DNP,
South West Spain), the wild ungulate community (including wild boar, red deer and fallow deer) occurs
sympatrically with free-ranging cattle and horses, and one of the most important meta-population of
the endangered Iberian lynx [17]. Studies on T. gondii in DNP has been exclusively conducted in felid
populations with conservational purposes, showing a widespread infection in the area and reporting
seroprevalence rates up to 60% [12,18,19].

The multiple transmission routes and capacity of T. gondii to find niches into the hosts studied
provided an excellent scenario to improve our understanding of the transmission dynamics of this
pathogen. While T. gondii has normally been considered an excellent model to study host-pathogen
interactions, we also showed that it may also be used to address the study of population, community
and environmental factors. The present long-term study illustrates the interplay of factors, particularly
factors operating at broad temporal scale that may contribute to the spread and maintenance of a
pathogen over host communities. In this context, we present data on serosurveillance of T. gondii in
wild ungulates (wild boar, red deer, and fallow deer) from DNP for a 13-years, with the specific aims of:
(I) evaluating the factors (individual, populational and environmental) modulating the seroprevalence
of T. gondii (STG), and (II) assessing the factors operating in the long-term (population and stochastic)
in order to explain the temporal trend of STG in the intermediate host ungulate community from 2005
to 2018.
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2. Materials and Methods

2.1. Study Area

This study was conducted in DNP (54,000 ha), one of the most relevant biodiversity reserves in
Europe, located on the Atlantic coast of southwestern Spain (37◦09′ N, 6◦30′ W). Human access to the
park is restricted and agriculture and hunting are prohibited inside the park; cattle and horse breeding
are allowed and are, mainly focused on autochthonous and traditional breeds [20].

The habitat consists of a greater proportion of sand dune habitat and marshland, combined
with pine forest and Mediterranean scrubland (see Figure 1 and [21] for a more detailed description).
Between the scrublands and the edge of the marshland, there is a narrow north-south longitudinal
strip of humid ecotone of high ecological richness.

Figure 1. Map of the study area, Doñana National Park. The sampling areas (cattle management
units: Coto del Rey (CR), Sotos (SO), Doñana Biological Reserve (RBD), Puntal (PU) and Marismillas
(MA)) are delimited and the ecotone and small human settlements are displayed by a dark band and
blue “X”, respectively. Red deer (squares), fallow deer (circles), and wild boar (triangles) sampled
are shown. Black and white symbols mean animals positive and negative for antibodies against
Toxoplasma gondii, respectively.

DNP has a dry sub-humid Mediterranean climate with strong seasonality, especially in terms
of water availability to animals and vegetation. The average annual temperature is 17 ◦C, and the
mean annual precipitation is 550 mm, with high intra and interannual fluctuation (170 to 1000 mm),
which determine the dynamics of the marshlands [22]. During the wet seasons (winter and spring) the
marshlands may flood, so ungulates concentrate and browse in the remaining uncovered scrublands.
In late summer and autumn, the hardest season for ungulates due to the shortage of resources and the
seasonal drought, an aggregation of wild and domestic ungulates on the ecotone and around water
points occurs [21].

The territory of DNP included in this study is divided into five cattle management areas from north
to south: Coto del Rey (CR), Sotos (SO), Doñana Biological Reserve (RBD), Puntal (PU) and Marismillas
(MA). Free-ranging livestock is distributed through the entire park, except in the northernmost area
(CR). In this area, despite the existence of a low number of horses since the last year, cattle husbandry
is prohibited since 2002 as a conservation measure for the endangered Iberian lynx. A meta-population
of 94 individuals of Iberian lynx currently inhabit DNP and the surrounding areas [17]. The remaining
community of carnivores is comprised by red fox (Vulpes vulpes), Eurasian badger (Meles meles),
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Eurasian otter (Lutra lutra), polecat (Mustela putorius), European genet (Genetta genetta), Egyptian
mongoose (Herpestes ichneumon), and occasionally, wild cat (Felis silvestris silvestris), whose presence is
very scarce, probably due to the presence of a larger predator such as the Iberian lynx [23]. Furthermore,
domestic carnivores including stray cats (Felis silvestris catus) and dogs (Canis lupus familiaris) are also
occasionally present throughout DNP, although a population control plan of stray dogs and cats has
been carried out in DNP since 2007 [24].

Finally, population control (by culling) of the wild ungulate population is practiced exclusively by
park rangers as part of the park management scheme, and it is also used to carry out a health-monitoring
program [14].

2.2. Animal Sampling

From October–January of 2005 to 2018 (sampling seasons 2005–2006 to 2017–2018), 423 red deer,
452 fallow deer and 698 wild boar were randomly (in terms of sex, age and health status) sampled
in the population control context performed by park rangers and necropsied as part of the DNP
health-monitoring program (approved by the Research Commission of DNP in accordance with
management rules established by the Autonomous Government of Andalusia). Table S1 displays
the sample size by species, sampling site and season, as well as the seroprevalences found. For each
individual, the geographical location of the sighting was recorded through a portable GPS (Garmin Ltd.,
Olathe, KS, USA).

The sampling was performed according to European (EC Directive 86/609/EEC; [25]) and
Spanish laws (RD 223/1988; [26]), current guidelines for the ethical use of animals in research [27],
the Animal Experiment Committee of Castilla-La Mancha University and the Spanish Ethics Committee
(PR-2015-03-08). Necropsies and sample collection were undertaken in the field by qualified
veterinarians. During the examination, blood samples were collected into sterile plastic tubes
(Vacutainer®, Becton-Dickinson, NJ, USA) from the heart, thoracic cavity, or preferably by endocranial
venous sinuses puncture [28].

2.3. Serological Testing

Sera were obtained after centrifugation at 40× g for 5 min and stored at −20 ◦C until assayed
for antibodies. Antibodies to T. gondii were tested using the modified agglutination test (MAT) as
previously described [29]. This technique has been employed broadly for the diagnosis of antibodies
against T. gondii in both domestic and wildlife species [1]. Two recent large studies in wild pigs
and white-tailed deer in the USA added evidence for the validity of serological analysis by MAT in
those species since viable T. gondii was isolated from a large number of seropositive animals and the
rate of isolating viable parasites was positively associated with MAT titers in those studies [30–33].
Each serum sample was tested at 1:25 and 1:50 dilutions, including positive and negative controls
in each test. Sera with a titer of 1:25 or higher were considered positive and those with doubtful or
positive results were re-tested [12,34,35].

2.4. Data Collection

2.4.1. Individual Factors

The sex and age of the animals were determined, classifying them into three age classes on the
basis of dentition eruption patterns [36]: calves (<1-year-old), juveniles (1–2 years) and adults (≥3 years)
for deer species, and piglets (<6 months), juveniles (0.5–2 years) and adults (>2 years) for wild boar.

Considering the well-known debilitating effect of tuberculosis (TB) progression on immune
response [37], we assessed the potential effect of TB severity on the seroprevalence against T. gondii.
For this purpose, the presence of concomitant tuberculosis-like lesions (TBL) was used as a proxy
to infection by the Mycobacterium tuberculosis Complex (MTC), since it provides a relatively accurate
diagnosis without the need for expensive laboratory confirmation [14,15]. The presence of TBL was
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recorded by macroscopic inspection of the head, thoracic and mesenteric lymph nodes as well as
abdominal and thoracic organs in the laboratory (see [38] for a detailed methodology). When TBL are
identified in at least two of the three anatomical compartments examined (head, thorax, and abdomen)
we considered the TBL as generalized, indicative of a more severe and evolved infection [38]. According
to the generalized TBL status, wild ungulates were grouped in two classes: those without TBL or
showing localized TBL in a single anatomical compartment, and a second class including animals with
presence of generalized TBL.

2.4.2. Environmental Factors

As for environmental information, several variables were included in our analysis to assess their
effect on STG because of their importance to ungulate behavior, distribution, and transmission of
pathogens in DNP and South Spain [15,21,39]. A grid of one hectare of surface was built, generating
territorial units in which the proportional cover of dense scrub, low-clear shrubland, herbaceous
grassland, woodland, bare land and watercourse vegetation were calculated for each territorial unit
(see [40]). This grid was merged with the geographical location of the animals through a point sampling
tool with QGIS version 2.12.1 [41]. Landcover data was obtained from Andalusia Environmental
Information [42].

Given the effects reportedly associated with urban areas [43], the coast [44] and surface water
on the infection risk of T. gondii [45], the effect of the nearest location of animals to these areas was
assessed. For that purpose, we calculated the straight-line distance (m) from the exact location of
each animal sampled to the nearest: urban area (DURB), small human settlements (DHS), coast line
(DCOAST), water point (DWAT) and marsh-shrub ecotone (DE) (see [14,21,46]).

2.4.3. Population Factors

To estimate the population density of wild ungulates we applied distance sampling
methodology [47]. Every year during September, and two hours before sunset, we sampled twice 7
line transects of 10–15 km each one, distributed throughout the study area. Additionally, for wild boar
we repeated the transect one hour after sunset in order to increase the sample size. We carried out the
surveys during September because it is the month of maximum detectability for these species [48],
and to obtain density results just before the health-monitoring program. Moreover, during September
the marshland was dry, and it allowed us to sample all the habitats in DNP. The surveys were carried
out from a vehicle (average speed was 10 km/h), and the perpendicular distance between animals and
transect was recorded with a telemeter (Garmin Ltd., Olathe, KS, USA). The analysis were carried
out using Distance Sampling 6.2 software [49] by considering stratification. We defined three strata
according to its abundance and visibility: shrubland, marshland and ecotone. The data of all the years
(2005–2018) were considered to estimate a detection function for each stratum, and we considered the
data of each strata, sampling season and livestock management area to estimate the encounter rate
and mean group size. Data were right-truncated when the probability of detection was lower than
0.15 [47]. Half-normal, uniform and hazard rate models for the detection function were fitted against
the data using cosine, hermite polynomial, and simple polynomial adjustment terms, fitted sequentially.
The selection of the best model was based on the Akaike’s Information Criterion (AIC) [50].

The abundance of the diverse community of carnivores from DNP was monitored by means
of track surveys along prefixed transects on sandy substrate according monitoring team program
(ESPN-EBD-CSIC). Tracks left on moist sand over a 24 h period were tracked in transects of 1.5 m
width and 2 km length, from dawn to midday and were expressed as Kilometric Abundance Index
(KAI) of footprints. The surveys include 12 different transects distributed across the DNP which were
repeated during three consecutive days, being cleaned daily.

As for livestock, we calculated the cattle and horse stocks per square kilometer for each sampling
site and season.
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2.4.4. Stochastic Factors

Meteorological information (average rainfall and temperature) was collected from the meteorology
station located at RBD for each sampling season [51]. In Mediterranean environments, rainfall and
temperature have potential relevance to the dynamics of ungulate populations, as well as effects on
the susceptibility or exposure to pathogens [15]. Specifically for T. gondii, both factors are key for the
survival of oocyst in the environment [52]. Therefore, they were considered here for their potential
effect in T. gondii epidemiology.

2.5. Risk Factor Analysis

Initially, collinearity between environmental and population variables was explored [53]. Given the
high collinearity observed between environmental variables and with the purpose of simplifying
the environmental information, a principal component analysis (PCA) was performed, obtaining
two uncorrelated environmental factors: closed habitats, in which dense scrub and woodlands
predominates, and watercourse habitats in which watercourse vegetation predominates.

Generalized linear mixed models (GzLMMs; binomial family) were used to assess the effect of the
range of explanatory variables on the individual serological status against T. gondii (negative/positive).
The statistical differences in STG among sampling areas (CR, SO, RBD, PU and MA) were evaluated in
a first exploratory approach, the purpose of which was showing spatial differences in the serological
status against T. gondii. A GzLMM for each species (red deer, fallow deer, and wild boar) was designed.
In these models, serological status against T. gondii was the response variable; the sex, age class, and the
sampling area were the explanatory variables. The sampling season and month were fitted in the
model as random-effect factors.

Concerning the final model, it included sampling area and season as random-effect factors, since the
main aim of this study was to generalize the effect of the variables included on the serological status
against T. gondii regardless of the sampling area. Models were also performed separately for each species
(red deer, fallow deer, and wild boar). The explanatory variables included individual, environmental,
population and stochastic factors. Individual factors encompassed sex, age class, and tuberculosis status.
Environmental factors comprised DWAT, DE, DCOAST, DHS, DURB, closed habitats, and watercourse
habitats. Regarding populational factors, the population densities of wild (fallow deer, red deer,
and wild boar) and domestic ungulates (cattle and horses), as well as the abundance (KAI of footprints)
of wild carnivores (all together genet, Eurasian badger, red fox, and Egyptian mongoose, and separately,
the abundance of Iberian lynx) were included. Finally, the stochastic factors were the previous seasons’
rainfall and temperature. The two-way interactions between individual-stochastic factors separately
(sex-age, and previous season’s rainfall-temperature) and all together (sex-rainfall and age-rainfall),
as well as between population-individual factors (density-age), and population-stochastic factors
(previous season´s rainfall-density) were also included in the models. For the GzLMMs, a binomial
error and a logit link function were used. Stepwise selection processes for the final models were
performed on the basis of the AIC [50] (Table S2). Furthermore, the assumptions of binomial GzLMMs
were met in all the best models selected [53]. The predicted probabilities of serological response to
T. gondii obtained from these models were used to represent the results. Finally, cross-correlations and
autocorrelations between STG and its predicted response probability between the different species
were carried out to explore similarities of temporal patterns [54].

The statistical analyses were performed using R-studio software version 4.0.2 [55]. All models
were performed using the R package glmer [56]. Significant p-values were set at 0.05.

3. Results

3.1. General

The STG (MAT ≥ 1:25; % ± confidence interval (CI) 95%) in wild boar was 39.0 ± 3.3 (n = 698),
followed by red deer 30.7 ± 4.4 (n = 423), and fallow deer 29.7 ± 4.2 (n = 452). Among the
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seropositive animals, titers of 1:25 were detected in 34.5% wild boar, 27.7% red deer, and 55.2%
fallow deer, whereas titers ≥ 1:50 were found in 72.3% red deer, 65.5% wild boar, and 44.8% fallow
deer. We observed increasing age trends in STG in all wild ungulate species, except for wild boar
females (Figure 2a) since, interestingly, piglets already showed high STG. With respect to gender, males
tended to present higher STG than females in deer species (32.1–28.8% and 32–26.4% for red deer and
fallow deer, respectively), whereas the opposite was observed in wild boar (STG = 26.2% for males,
STG = 29.7% for females; Figure 2a; see statistical comparisons below).

Figure 2. (a) Seroprevalence (±CI 95%) of Toxoplasma gondii depending on age class and sex in red deer,
fallow deer and wild boar (b) Seroprevalence (±CI 95%) of T. gondii obtained from selected generalized
linear mixed models (GzLMMs) for the species studied depending on the sampling area, from north to
south areas (see Figure 1 for a map of the areas with their full names).

Contrasted STG were apparent among areas, which was consistent across species. In this sense,
seroprevalence decreased from north to south, more markedly in red deer (Figure 2b). The temporal
evolution of STG, and trends in the estimated density/abundance of each different species are
summarized in Figure 3a,b, respectively. In this regard, the STG exhibited strong annual fluctuations,
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mostly in deer species (Figure 3a). Actually, it is noteworthy the significant decrease of STG in these
species since the season 2013–2014. No autocorrelations or cross-correlations were observed.

Figure 3. Temporal trend of the (a) seroprevalence of Toxoplasma gondii (±CI 95%), and (b) population
density of red deer, fallow deer, wild boar, and cattle (individuals/km2), and Kilometric Abundance
Index of Iberian lynx.

3.2. Factors Determining the Seroprevalence of T. gondii

There were statistically significant differences in the STG between sampling areas for all the wild
ungulates species (red deer, F = 13.4, df = 410, p ≤ 0.01; fallow deer, F = 4.5, df = 436, p ≤ 0.01; and wild
boar F = 10.3, df = 682, p ≤ 0.01), confirming the north to south spatial decreasing gradient (Figure 2b).

The results of the GzLMMs on the status against T. gondii, incorporating broader environmental
and populational information are shown in Table 1. The conditional R2 obtained from these models
were 0.37, 0.53 and 0.25, for red deer, fallow deer, and wild boar, respectively.
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3.2.1. Individual Factors

The sex and age classes were statistically significant factors in the models on red deer and wild
boar. However, no sex or age-related differences were found in fallow deer. Regarding red deer, females
had lower STG than males, and irrespective of sex, the pattern increased with the age. Concerning wild
boar, different sex-related age patterns were shown, increasing for males but not for females (the sex by
age interaction was marginally significant).

Regarding TB status, the prevalence of TBL (% ± CI 95%) for wild boar, red deer and fallow
deer were 77.4 ± 3.1, 42.5 ± 4.7, and 16.4 ± 3.7, respectively. Wild boar had the highest prevalence of
generalized TBL (% ± CI 95%; 27.73 ± 3.5), followed by red deer (17.7 ± 4.2) and fallow deer (8.11 ± 2.9).
The STG was higher in red deer and fallow deer presenting generalized TBL (Figure 4) compared to
generalized TBL-free individuals (TBL-free plus not generalized TBL positive). As for the wild boar,
a complementary model was performed with the purpose of exploring the effect of the presence of TBL
(positive or negative), since no effect of the presence of generalized TBL was observed. In this model,
wild boar presenting TBL showed higher STG than negative individuals (F = 8.96, df = 695, p = 0.05).

Figure 4. Seroprevalence (±CI 95%) of Toxoplasma gondii depending on the tuberculosis status in red
deer and fallow deer (interpreted as positive animals with generalized presence of tuberculosis-like
lesions (TBL), and in wild boar (interpreted as positive animals with presence of TBL).

3.2.2. Environmental Factors

The further to the coastline, the higher the STG was (see e.g., Figure 5a for red deer) in all the
species. Moreover, the closer to small human settlements, the higher the STG for wild boar was
(Figure 5b). The increased availability of closed habitat significantly associated with lower STG in
fallow deer (Figure 5c).
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Figure 5. Seroprevalence (±CI 95%, represented by the shaded band) of Toxoplasma gondii obtained
from selected generalized linear mixed models (GzLMMs) in (a) red deer depending on the distance
to the coast line (m), (b) wild boar depending on the distance to the nearest human settlement (m),
(c) fallow deer depending on the cover level of closed habitats, measured according to the principal
component analysis (PCA) scores from axis 1, (d) red deer depending on the Kilometric Abundance
Index of carnivores species (KAI), (e) fallow deer depending on the Kilometric Abundance Index of
Iberian lynx (KAI), and (f) wild boar depending on the density of fallow deer (individuals/km2).

3.2.3. Population Factors

The abundance of carnivores significantly and positively associated with the exposure to T. gondii
in red deer (Figure 5d), and similarly, the Iberian lynx abundance positively associated with the
seropositivity to this parasite in fallow deer (Figure 5e). The fallow deer density negatively associated
with the STG in wild boar (Figure 5f) and fallow deer, but positively in the case of red deer. As for red
deer, a negative association was found between STG and density. In contrast, wild boar showed higher
STG at higher densities.
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3.2.4. Stochastic Factors

To represent our results, and considering the mean values obtained, we established the following
categories of rainfall and temperature for displaying results: low rainfall (≤521.10 mm), high rainfall
(>521.10 mm), low temperature (≤17.5 ◦C) and high temperature (>17.5 ◦C). Lower annual temperature
was associated with higher STG in red deer. Furthermore, higher annual rainfall was associated with
higher seropositivity to T. gondii in red deer. Regarding fallow deer, the interaction between rainfall and
temperature was significant: overall, there was a trend to higher STG in cold years, and this pattern
was more marked in dry years (see Figure 6a). Rainy years were statistically associated with higher
STG in male red deer, but not in females (significant rainfall by sex interaction, Figure 6b). Concerning
the wild boar, the rainfall was positively associated with the STG in juveniles, but this effect was not
shown in other age classes (significant annual rainfall by age interaction, Figure 6c).

Figure 6. Seroprevalence (±CI 95%) of Toxoplasma gondii obtained from selected generalized linear
mixed models (GzLMMs) in (a) fallow deer depending on the interaction between annual rainfall (mm)
and temperature (◦C), (b) red deer depending on the interaction between annual rainfall (mm) and sex,
and (c) wild boar depending on the interaction between annual rainfall (mm) and age.
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4. Discussion

4.1. General Patterns of the Seroprevalence of T. gondii

The STG reported in the present study oscillated considerably (from 29.7 to 39%) between the
three species tested and sharing the same environment. This may be caused by differences in the
susceptibility, the feeding behavior, or the habitat use of those species determining the exposure [4,52].
The seroprevalence detected in wild boar (39%) concurs with studies conducted in Europe [3,57–59].
However, most studies from European countries, STG in wild boar ranged from 6 to 25% [6,60,61].
In this regard, trophic relationships by predation and/or scavenging of a wide range of warm-blooded
animals of the DNP may operate.

Concerning deer, the STG obtained (30.7% and 29.7%, for red deer and fallow deer, respectively)
are also in accordance with those reported in the literature over Europe in general [62,63] and Spain in
particular [8,34], ranging from 10.5 to 48%. Specifically for fallow deer, STG (29.7%) were among the
highest reported in European studies that were mainly focused on Spain [8,34,63]. It was only exceeded
by the rates obtained by Calero-Bernal et al. [64] in south-central Spain (reaching the 48%). The higher
rate of movement between areas reported for fallow deer in DNP may imply higher exposure to
T. gondii, explaining the high STG observed in this species [39].

Overall, the wild ungulate host community of DNP showed higher STG compared with those
reported in the literature of the European and Iberian contexts [34,61,62]. Mechanisms determining
seroprevalence in different host species of the studied community are related to the life cycle of
T. gondii, which involves both an environmental and a trophic transmission route (i.e., trophic
relationships among potential hosts of the community; [65]). Terrestrial herbivores should have the
lowest T. gondii exposure, only through the ingestion of oocyst-contaminated vegetation, soil and/or
drinking water. In DNP, the environmental presence of oocyst excreted by felids may be playing a
major role (see below). The high biodiversity inhabiting DNP, which provides a wide range of hosts
and ecological/epidemiological niches, and the optimal climatic conditions for the survival of the
oocysts may favor the spread of the parasite in the DNP host community.

The specific role of the different factors in a long-term perspective is also detailed further in the
discussion. Interestingly, while the STG exhibited strong annual fluctuations, mostly in deer species,
it was more stable in wild boar. In populations from The Netherlands, seroprevalence in wild boar
similarly established at around 35% [66]. Whereas authors stated that the actual mechanisms behind
the stabilization requires further investigation, an epidemiological SIS-model that included a reversion
to susceptible after infection (with loss of antibodies that may have been preceded by a loss of tissue
cysts), fitted the data much better.

The north to south spatial gradient observed is similar to that exhibited by the prevalence of
other shared pathogens tested in the wild ungulate community of DNP in previous studies [14,67].
This pattern may relate to spatial variation in the contamination of the environment by T. gondii oocyst.
The main large human settlements around DNP are concentrated in the northern part of the park,
with a subsequent higher presence of peri-domestic cat populations [68], which may contaminate the
environment with oocysts. Iberian lynx populations also show a north to south decreasing pattern in
DNP [69], contributing to a lesser extent to this contamination. T. gondii oocysts were found in feces
of 17% of cats sharing a habitat with Iberian lynx [19]. In this regard, feral cats are the more likely
reservoir host of parasites affecting the Iberian lynx and wildlife species in general, especially in areas
where feral cats are abundant and widespread such as DNP surroundings [70,71].

4.2. Individual Factors

In wild boar, overall, females had significantly higher STG than males. This result is in accordance
with previous studies in this species [3,57–59]. However, the age pattern observed was opposite to
that of males. Several authors have reported that no statistically significant effect of age on STG in
wild boar was observed [3,72,73], whereas only one study found a significantly higher prevalence in
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adult wild boar [59]. Nevertheless, we must consider sex by age pattern to understand the differences.
The increased exposure to T. gondii through life, together with the high persistence of antibodies against
T. gondii, could explain the age pattern found in the STG in males. Even so, in females, the decline in
the STG rather than indicating a decrease of exposure to the parasite, may be indicative of a subtle
equilibrium of chronic infection and reduced specific humoral response that is not detected. Ecological
and evolutive aspects determining differences in exposure may be behind this pattern. However,
further research is required. Finally, piglets exhibiting high seroprevalences could be explained by
maternal-derived antibodies, whose titers depend on those shown by sows, according to previous
studies [10].

As for the red deer, the STG was significantly higher in adult individuals, which has been
previously reported in many studies on T. gondii [8,57,58,73]. An apparent similar trend, but not
significant, was observed in fallow deer (Figure 2a). The increased exposure to T. gondii along life
together with the high persistence of antibodies against T. gondii could explain the age pattern found in
deer species.

Concerning concomitant TB infection, overall, the positive TB status of the animals significantly
associated with STG in all the species studied. For deer species, the generalized presence of
TBL was relevant, as well as the presence of TBL for wild boar. There are several studies on
TB-T. gondii co-infection in humans [74,75] but not in animals. The relationship between TB and STG
observed may be mediated by exposure over time (age-related) and environment. In the latter case,
the conditions favoring the persistence of MTC and T. gondii oocyst in the environment are similar
(see Sections 4.3 and 4.5).

4.3. Environmental Factors

The distance to the coastline significantly positively associated with STG for all wild ungulates.
Despite the usually reported contamination of seawater with T. gondii [44], less favorable conditions to
the survival of oocysts may occur in the surroundings of the coastline, according to previous studies
developed in northern Spain [4]. These conditions are mainly the high temperatures reached in the
sandy soils which favor the desiccation of the oocysts. The availability of closed habitat (more covered
by vegetation) negatively associated with STG in fallow deer (see Figure 5c). This species typically
uses and occupies meadows in the park, and individuals sampled in more densely covered areas may
have experienced lower exposure to T. gondii. By contrast, individuals of the other ungulate species
combine the use of both types of habitats which may determine the absence of this effect.

The closer to small human settlements the higher the STG was for wild boar (see Figure 5b).
This result is in accordance with previous studies where human settlements have become areas of
epidemiological relevance for T. gondii infection, mainly mediated by the presence of peri-domestic
species [4,45]. There are several human dwellings inside the park, around which peri-domestic cats
could settle and consequently contaminate the surroundings of these areas with oocysts. Moreover,
wild boar could become infected through the consumption of food scraps from garbage located in
these small settlements.

4.4. Population Factors

The abundances of Iberian lynx and other carnivores were statistically positively associated with
STG in deer species. The presence and abundance of felids have been considered a relevant risk factor
associated with T. gondii in livestock and wildlife worldwide [1,7–10]. It has been reported that Iberian
lynx could prey on fallow deer and less frequently on juveniles of red deer during seasons of rabbit´s
scarceness in DNP, especially in winter and autumn, reaching 5–10% of the biomass in the Iberian lynx
diet [76]. This leads to increased environmental contamination with T. gondii in areas with presence of
wild ungulates. Furthermore, T. gondii infected red deer carcasses could pose a potential risk of T. gondii
infection for carnivores species via scavenging and may therefore play a role as an amplifier of infection
in the community [63]. This allows T. gondii to finish its life cycle, perpetuating its maintenance in the
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DNP host community. Little is known about the abundance of small mammals, as well as their STG in
DNP. Further studies should focus on investigating their role in the maintenance and spread of this
parasite in DNP.

STG significantly increases with density in wild boar. Several authors have described T. gondii as
a density-dependent parasite for swine [3,45]. Density, together with ecological and behavioral
factors typical of this species, could determine increased exposure by wild boar. Scavenging
(including cannibalism) may be increased in high density situations when resources are scarce.
In the dry season, both the availability of carcasses and exacerbated cannibalism behavior [77], but also
ingestion of rodents and birds occur [78]. The negative relationship found both in red deer and fallow
deer between density and the risk to test positive can be explained by high recruitment of susceptible
individuals (non-infected offspring) associated with high density years. Moreover, unlike for wild
boar, this negative association indicates that no density-dependent effect in T. gondii infection occurs in
deer species. These species become infected only through the ingestion of water or food contaminated
with sporulated T. gondii oocysts, so no direct transmission route exists as in the case of wild boar,
which possesses scavenging habits. However, the positive relationship showed between STG in red
deer and fallow deer density may be mediated by an increased susceptibility and/or exposure at high
densities of ungulates due to the competition for scarce resources, but the exact mechanism deserves
further research.

4.5. Stochastic Factors

Temperature was a significant factor for red deer, displaying the lower STG during the following
seasons to the warmest ones. Furthermore, rainfall significantly interacted with temperature to
explain STG in fallow deer, so that the effect of the previous season´s temperature on STG was
more marked when the previous season was dry. Previous driest and warmest seasons markedly
associated with a lower STG (see Figure 6a). Drought together with warm temperatures leads to
higher rates of evaporation and the subsequent desiccation, limiting the survival and sporulation of the
oocysts in the environment. As consequence, the exposure of herbivores to infective T. gondii oocyst
decreases [34,35,52].

Additionally, the interaction between rainfall and individual factors was significantly associated
with the STG in red deer and wild boar. Concerning red deer, higher previous annual rainfall was
related to higher STG in stags, but not in females. This effect of rainy years on the prevalence of
pathogens exhibited by males with respect to females have been shown in previous studies on TB in
DNP, and may relate to increased exposure and/or susceptibility mediated by sexual behavior and life
history traits [14]. An immunosuppressant effect of the intense rut that typically occurs in rainy years
has been suggested. Intense rut implies greatest investments by red deer stags in terms of reproductive
effort (testosterone metabolite levels and sexual signals), and the conflict between the immune response
and the reproductive effort this species is well known [79,80]. T. gondii tissue cysts in many organs,
including viscera, are believed to persist for the lifetime of the host. In addition, deer rutting typically
occurs in the ecotone, which provides excellent wet conditions for oocysts to persist. Despite the same
risk derived from the reproductive efforts during the rut exist for fallow deer, no sex-dependent effect
of rainfall was observed in STG in this species, which is not surprising since rutting in fallow deer
takes place later in Autumn, when rainfall conditions normally are less determinant.

As for wild boar, the positive effect of the rainfall on STG was more markedly in juveniles than
adults and piglets. The early dispersal behavior of young males from the natal area may leads to
higher exposure to T. gondii [81]. This, together with the increased survival of oocysts would give rise
to higher infection rates in this age group [35,52].

5. Conclusions

This study provides evidence that factors behind the risk of T. gondii infection in wild boar,
red deer and fallow deer are related to environmental and trophic transmission routes, so as to

120



Animals 2020, 10, 2349

individual, population and species characteristics. We provided evidence for most of these relationships
(e.g., climate or population mediated) and trends. Concomitant pattern among species, indicated
that overall, drivers of risk also operated at the community level. However, this research raised
several questions that deserve further research. Approximately one-third of the human world’s
population is chronically infected while seroprevalence tends to decrease since the early 1960s in many
countries [82]. As this decline in seroprevalence leads to loss of immunity, it becomes more relevant for
the identification of the epidemiological role of wild host and the understanding of the epidemiology
and ecology of T. gondii infection in wild host communities and at their interfaces with livestock and
human. Thus, game meat, in particular venison, consumption should not be neglected as a public
health risk for humans, with the subsequent impact to the public health [31]. For these purposes,
addressing host population, community and environmental factors at broad temporal scale is key.

Supplementary Materials: The following are available online at http://www.mdpi.com/2076-2615/10/12/2349/s1,
Table S1: Sample size and seroprevalence of Toxoplasma gondii by species, season and sampling site in wild
ungulates; Table S2: Summary of the stepwise model selection procedure, based on the AIC, used to explain the
serological status against Toxoplasma gondii.

Author Contributions: Conceptualization, J.V., I.G.-B. and P.A.; Methodology, J.V., I.G.-B., P.A., and F.C.; Validation,
J.V., I.G.-B., P.A., and F.C.; Formal Analysis, J.V., P.B., F.C. and P.P.; Investigation, P.B., P.P., F.C., S.J.-R., and
D.C.-T., Resources, J.V. and P.A.; Data Curation, P.B., F.C. and P.P.; Writing—Original Draft Preparation, P.B. and
J.V.; Writing—Review and Editing, P.B., J.V., P.A., P.P., F.C., S.J.-R., S.A., J.P.D. and D.C.-T.; Visualization, P.B.;
Supervision, J.V., I.G.-B. and P.A.; Project Administration, J.V. and I.G.-B.; Funding Acquisition, J.V. and P.A.
All authors have read and agreed to the published version of the manuscript.

Funding: This research was funded by the Ministerio de Economía y Competitividad (MINECO; AEI/FEDER, UE;
AGL2016-76358-R). S.J. is co-supported by the UCLM and the European Social Fund (2018/12504). P.P. received
support from the MINECO (FPU/16/00039).

Acknowledgments: The authors would like to thank the EBD-CSIC monitoring team and their colleagues at
the IREC (UCLM, Spain), Doñana National Park and Doñana ICTS-RBD, which provided logistic and technical
support and the data essential for carrying out this work, and to all those who participated in the fieldwork and
data collection of the wild ungulates, with special thanks to the park ranger Jose Antonio Muriel, and María de los
Ángeles Risalde for her kind help with this study.

Conflicts of Interest: The authors declare no conflict of interest. The funders had no role in the design of the
study; in the collection, analyses, or interpretation of data; in the writing of the manuscript, or in the decision to
publish the results.

References

1. Dubey, J.P. Toxoplasmosis of Animals and Humans, 2nd ed.; CRC Press: Boca Raton, FL, USA, 2010.
2. Hill, D.E.; Dubey, J.P. Toxoplasmosis. US Geol. Surv. Circ. 2014, 1389, 84. [CrossRef]
3. Gauss, C.; Dubey, J.; Vidal, D.; Fons, F.R.; Vicente, J.; Marco, I.; Lavín, S.; Gortazar, C.; Almeria, S.; Vidal, D.

Seroprevalence of Toxoplasma gondii in wild pigs (Sus scrofa) from Spain. Vet. Parasitol. 2005, 131, 151–156.
[CrossRef] [PubMed]

4. Panadero, R.; Painceira, A.; López, C.; Vázquez, L.; Paz, A.; Díaz, P.; DaCal, V.; Cienfuegos, S.; Fernández, G.;
Lago, N.; et al. Seroprevalence of Toxoplasma gondii and Neospora caninum in wild and domestic ruminants
sharing pastures in Galicia (Northwest Spain). Res. Vet. Sci. 2010, 88, 111–115. [CrossRef]

5. García-Bocanegra, I.; Cabezón, O.; Hernández, E.; Martínez-Cruz, M.S.; Martínez-Moreno, Á.;
Martínez-Moreno, J. Toxoplasma gondii in Ruminant Species (Cattle, Sheep, and Goats) from Southern Spain.
J. Parasitol. 2013, 99, 438–440. [CrossRef] [PubMed]

6. Calero-Bernal, R.; Pérez-Martín, J.E.; Reina, D.; Serrano, F.J.; Frontera, E.; Fuentes, I.; Dubey, J.P.
Detection of Zoonotic Protozoa Toxoplasma gondii and Sarcocystis suihominis in Wild Boars from Spain.
Zoonoses Public Health 2016, 63, 346–350. [CrossRef] [PubMed]

7. Castillo-Cuenca, J.C.; Díaz-Cao, J.M.; Martínez-Moreno, Á.; Cano-Terriza, D.; Jiménez-Ruiz, S.; Almería, S.;
García-Bocanegra, I. Seroepidemiology of Toxoplasma gondii in extensively raised Iberian pigs in Spain.
Prev. Vet. Med. 2020, 175, 104854. [CrossRef] [PubMed]

121



Animals 2020, 10, 2349

8. Almeria, S.; Cabezón, O.; Paniagua, J.; Cano-Terriza, D.; Jiménez-Ruiz, S.; Arenas-Montes, A.; Dubey, J.P.;
García-Bocanegra, I. Toxoplasma gondii in sympatric domestic and wild ungulates in the Mediterranean
ecosystem. Parasitol. Res. 2018, 117, 665–671. [CrossRef] [PubMed]

9. Jiménez-Martín, D.; García-Bocanegra, I.; Almería, S.; Castro-Scholten, S.; Dubey, J.P.; Amaro-López, M.A.;
Cano-Terriza, D. Epidemiological surveillance of Toxoplasma gondii in small ruminants in southern Spain.
Prev. Vet. Med. 2020, 183. [CrossRef]

10. García-Bocanegra, I.; Simon-Grifé, M.; Dubey, J.P.; Casal, J.; Martín, G.E.; Cabezón, O.; Perea, A.; Almería, S.
Seroprevalence and risk factors associated with Toxoplasma gondii in domestic pigs from Spain. Parasitol. Int.
2010, 59, 421–426. [CrossRef]

11. García-Bocanegra, I.; Dubey, J.; Simon-Grifé, M.; Cabezón, O.; Casal, J.; Allepuz, A.; Napp, S.; Almeria, S.
Seroprevalence and risk factors associated with Toxoplasma gondii infection in pig farms from Catalonia,
north-eastern Spain. Res. Vet. Sci. 2010, 89, 85–87. [CrossRef]

12. Sobrino, R.; Cabezón, O.; Millán, J.; Pabón, M.; Arnal, M.; Luco, D.; Gortazar, C.; Dubey, J.P.; Almeria, S.
Seroprevalence of Toxoplasma gondii antibodies in wild carnivores from Spain. Vet. Parasitol. 2007,
148, 187–192. [CrossRef] [PubMed]

13. McDonald, J.; Robertson, A.; Silk, M.J. Wildlife disease ecology from the individual to the population:
Insights from a long-term study of a naturally infected European badger population. J. Anim. Ecol. 2017,
87, 101–112. [CrossRef] [PubMed]

14. Barroso, P.; Barasona, J.Á.; Acevedo, P.; Palencia, P.; Carro, F.; Negro, J.J.; Torres, M.J.; Gortazar, C.;
Soriguer, R.C.; Vicente, J. Long-Term Determinants of Tuberculosis in the Ungulate Host Community of
Doñana National Park. Pathogens 2020, 9, 445. [CrossRef] [PubMed]

15. Vicente, J.; Barasona, J.A.; Acevedo, P.; Ruiz-Fons, J.F.; Boadella, M.; Diez-Delgado, I.; Beltran-Beck, B.;
González-Barrio, D.; Queirós, J.; Montoro, V.; et al. Temporal Trend of Tuberculosis in Wild Ungulates from
Mediterranean Spain. Transbound. Emerg. Dis. 2013, 60, 92–103. [CrossRef] [PubMed]

16. Barroso, P.; Acevedo, P.; Vicente, J. The importance of long-term studies on wildlife diseases and their
interfaces with humans and domestic animals: A review. Transbound. Emerg. Dis. 2020, 1–15. [CrossRef]
[PubMed]

17. Life + IBERLINCE. Life + IBERLINCE, Recuperación de la Distribución Histórica del Lince Ibérico (Lynx
pardinus) en España y Portugal. (LIFE10NAT/ES/570). Available online: http://www.iberlince.eu/index.php/
esp/lince-iberico-esp/ (accessed on 18 June 2020).

18. García-Bocanegra, I.; Dubey, J.; Martinez, F.; Vargas, A.; Cabezón, O.; Zorrilla, I.; Arenas, A.; Almeria, S.
Factors affecting seroprevalence of Toxoplasma gondii in the endangered Iberian lynx (Lynx pardinus).
Vet. Parasitol. 2010, 167, 36–42. [CrossRef]

19. Millán, J.; Candela, M.G.; Palomares, F.; Cubero, M.J.; Rodriguez, A.W.; Barral, M.; De La Fuente, J.;
Almeria, S.; León-Vizcaíno, L. Disease threats to the endangered Iberian lynx (Lynx pardinus). Vet. J. 2009,
182, 114–124. [CrossRef]

20. Fernández-Delgado, C. Conservation management of a European natural area: Doñana National Park, Spain.
In Principles of Conservation Biology, 2nd ed.; Meffe, G.K., Carroll, C.R., Eds.; Sinauer Associates: Sunderland,
MA, USA, 1997; pp. 458–467.

21. Barasona, J.Á.; Latham, M.C.; Acevedo, P.; Armenteros, J.A.; Latham, A.D.M.; Gortazar, C.; Carro, F.;
Soriguer, R.C.; Vicente, J. Spatiotemporal interactions between wild boar and cattle: Implications for
cross-species disease transmission. Vet. Res. 2014, 45, 1–11. [CrossRef]

22. Díaz-Delgado, R.; Aragonés, D.; Afán, I.; Bustamante, J. Long-Term Monitoring of the Flooding Regime
and Hydroperiod of Doñana Marshes with Landsat Time Series (1974–2014). Remote. Sens. 2016, 8, 775.
[CrossRef]

23. Valverde, J.A. Estructura de una Comunidad de Vertebrados Terrestres; Monografías de la Estación Biológica de
Doñana; CSIC: Madrid, Spain, 1967.

24. Junta de Andalucia. Memoria de Actividades y Resultados del Espacio Natural de Doñana; Consejeria de Medio
Ambiente y Ordenación del Territorio: Andalucia, Spain, 2013.

25. EEC. Council Directive 86/609/EEC of 24 November 1986 on the approximation of laws, regulations and
administrative provisions of the Member States regarding the protection of animals used for experimental
and other scientific purposes. Off. J. Eur. Communities 1986, 358, 1–29.

122



Animals 2020, 10, 2349

26. MAPA. Real Decreto 223/1988, de 14 de Marzo, Sobre Protección de los Animales Utilizados Para Experimentación y
otros Fines Científicos; Ministerio de Agricultura, Pesca y Alimentación: Madrid, Spain, 1988; pp. 8509–8512.

27. Buchanan, K.; Burt de Perera, T.; Carere, C.; Carter, T.; Hailey, A.; Hubrecht, R.; Jennings, D.; Metcalfe, N.;
Pitcher, T.; Peron, F.; et al. ASAB Guidelines for the treatment of animals in behavioural research and teaching.
Anim. Behav. 2012, 83, 301–309.

28. Jiménez-Ruiz, S.; Arenas-Montes, A.; Cano-Terriza, D.; Paniagua, J.; Pujols, J.; Miró, F.; Fernández-Aguilar, X.;
González, M.Á.; Franco, J.J.; García-Bocanegra, I. Blood extraction method by endocranial venous sinuses
puncture in hunted wild ruminants. Eur. J. Wildl. Res. 2016, 62, 775–780. [CrossRef]

29. Dubey, J.P.; Desmonts, G. Serological responses of equids fed Toxoplasma gondii oocysts. Equine Vet. J. 1987,
19, 337–339. [CrossRef]

30. Dubey, J.P.; Cerqueira-Cézar, C.K.; Murata, F.H.A.; Verma, S.K.; Kwok, O.C.H.; Pedersen, K.; Rosenthal, B.M.;
Su, C. White-tailed deer (Odocoileus virginianus) are a reservoir of a diversity of Toxoplasma gondii strains
in the USA and pose a risk to consumers of undercooked venison. Parasitology 2020, 147, 775–781. [CrossRef]
[PubMed]

31. Dubey, J.P.; Murata, F.; Cezar, C.; Kwok, O. Epidemiologic and public health significance of Toxoplasma
gondii infections in venison: 2009–2020. J. Parasitol. 2021, in press.

32. Dubey, J.P.; Cerqueira-Cézar, C.K.; Murata, F.H.A.; Verma, S.K.; Kwok, O.C.H.; Pedersen, K.; Rosenthal, B.M.;
Su, C. Genotyping of viable Toxoplasma gondii from the first national survey of feral swine revealed
evidence for sylvatic transmission cycle, and presence of highly virulent parasite genotypes. Parasitology
2019, 147, 295–302. [CrossRef] [PubMed]

33. Dubey, J.P.; Cerqueira-Cézar, C.K.; Murata, F.H.; Kwok, O.C.; Hill, D.; Yang, Y.R.; Su, C. WITHDRAWN: All
about Toxoplasma gondii infections in pigs: The past decade. Vet. Parasitol. 2020, 288, 109182. [CrossRef]

34. Gauss, C.; Dubey, J.P.; Vidal, D.; Cabezón, O.; Ruiz-Fons, F.; Vicente, J.; Marco, I.; Lavin, S.; Gortazar, C.;
Almería, S. Prevalence of Toxoplasma gondii antibodies in red deer (Cervus elaphus) and other wild
ruminants from Spain. Vet. Parasitol. 2006, 136, 193–200. [CrossRef]

35. Gamarra, J.; Cabezón, O.; Pabón, M.; Arnal, M.; Luco, D.; Dubey, J.; Gortázar, C.; Almeria, S. Prevalence of
antibodies against Toxoplasma gondii in roe deer from Spain. Vet. Parasitol. 2008, 153, 152–156. [CrossRef]

36. Saenz de Buruaga, M.; Lucio-Calero, A.; Purroy, F.J. Reconocimiento de Sexo y Edad en Especies Cinegéticas,
1st ed.; Edilesa: Madrid, Spain, 2001; ISBN 9788480123716.

37. Byrne, A.; Graham, J.; McConville, J.; Milne, G.; Guelbenzu-Gonzalo, M.; McDowell, S. Liver fluke (Fasciola
hepatica) co-infection with bovine tuberculosis in cattle: A prospective herd-level assessment of herd bTB
risk in dairy enterprises. Transbound. Emerg. Dis. 2019, 66, 1727–1736. [CrossRef]

38. Vicente, J.; Höfle, U.; Garrido, J.; Fernández-De-Mera, I.G.; Juste, R.; Barral, M.; Gortazar, C. Wild boar and
red deer display high prevalences of tuberculosis-like lesions in Spain. Vet. Res. 2006, 37, 107–119. [CrossRef]
[PubMed]

39. Braza, F.; Alvarez, F. Habitat use by Red Deer and Fallow Deer in Doñana National Park. Misc. Zool. 1987,
11, 363–367.

40. Barasona, J.Á.; Mulero-Pázmány, M.; Acevedo, P.; Negro, J.J.; Torres, M.J.; Gortázar, C.; Vicente, J. Unmanned
Aircraft Systems for Studying Spatial Abundance of Ungulates: Relevance to Spatial Epidemiology. PLoS ONE
2014, 9, e115608. [CrossRef] [PubMed]

41. QGIS Development Team. Quantum GIS Geographic Information System. Open Source Geospatial
Foundation Project. Available online: https://qgis.org/es/site/ (accessed on 16 May 2020).

42. REDIAM Consejería de Medio Ambiente y Ordenación del Territorio. Andalucía, España: Red de Información
Ambiental de Andalucía, REDIAM. Available online: http://www.juntadeandalucia.es/medioambiente/site/
rediam (accessed on 20 September 2007).

43. Miller, M.; Gardner, I.; Kreuder, C.; Paradies, D.; Worcester, K.; Jessup, D.; Dodd, E.; Harris, M.; Ames, J.;
Packham, A.; et al. Coastal freshwater runoff is a risk factor for Toxoplasma gondii infection of southern sea
otters (Enhydra lutris nereis). Int. J. Parasitol. 2002, 32, 997–1006. [CrossRef]

44. Dubey, J.P. Toxoplasmosis—A waterborne zoonosis. Vet. Parasitol. 2004, 126, 57–72. [CrossRef]
45. Villari, S.; Vesco, G.; Petersen, E.; Crispo, A.; Buffolano, W. Risk factors for toxoplasmosis in pigs bred in

Sicily, Southern Italy. Vet. Parasitol. 2009, 161, 1–8. [CrossRef]

123



Animals 2020, 10, 2349

46. Cabal, A.; Vicente, J.; Alvarez, J.; Barasona, J.A.; Boadella, M.; Dominguez, L.; Gortazar, C. Human influence
and biotic homogenization drive the distribution of Escherichia coli virulence genes in natural habitats.
Microbiologyopen 2017, 6. [CrossRef]

47. Buckland, S.; Anderson, D.; Burnham, K.; Laake, J.; Borchers, D.; Thomas, L. Introduction to Distance Sampling:
Estimating Abundance of Biological Populations; Oxford University Press: Oxford, UK, 2001.

48. Acevedo, P.; Fons, F.R.; Vicente, J.; Reyes-García, A.R.; Alzaga, V.; Gortazar, C. Estimating red deer abundance
in a wide range of management situations in Mediterranean habitats. J. Zool. 2008, 276, 37–47. [CrossRef]

49. Thomas, L.; Buckland, S.T.; Rexstad, E.A.; Laake, J.L.; Strindberg, S.; Hedley, S.L.; Bishop, J.R.B.; Marques, T.A.;
Burnham, K.P. Distance software: Design and analysis of distance sampling surveys for estimating population
size. J. Appl. Ecol. 2010, 47, 5–14. [CrossRef]

50. Akaike, H. A new look at the statistical model identification. IEEE Trans. Autom. Control 1974, 19, 716–723.
[CrossRef]

51. EBD-CSIC Equipo de Seguimiento del Espacio Nacional de Doñana. Available online: http://icts.ebd.csic.es/
datos-meteorologicos (accessed on 5 July 2019).

52. Dubey, J.P.; Beattie, C.P. Toxoplasmosis of Animals and Man; CRC Press: Boca Raton, FL, USA, 1988.
53. Zuur, A.F.; Ieno, E.N.; Walker, N.J.; Saveliev, A.A.; Smith, G.M. GLM and GAM for Count Data.

In Environmental Forum; Springer: New York, NY, USA, 2009; Volume 21, pp. 209–243. ISBN 9780387874579.
54. Göloglu, F.; Pott, A. Results on the Crosscorrelation and Autocorrelation of Sequences. In Proceedings

of the Sequences and Their Applications-SETA 2008 5th International Conference, Lexington, KY, USA,
14–18 September 2008; Springer: Berlin/Heidelberg, Germany, 2008; pp. 95–105.

55. R Core Team. R Core Team R: A Language and Environment for Statistical Computing; R Core Team: Vienna,
Austria, 2020.

56. Bates, D.; Mächler, M.; Bolker, B.; Walker, S. Fitting linear mixed-effects models using lme4. arXiv 2014,
arXiv:1406.5823.

57. Jokelainen, P.; Näreaho, A.; Hälli, O.; Heinonen, M.; Sukura, A. Farmed wild boars exposed to Toxoplasma
gondii and Trichinella spp. Vet. Parasitol. 2012, 187, 323–327. [CrossRef] [PubMed]
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Simple Summary: Land-use changes are one of the most important drivers of zoonotic disease risk
in humans, including helminths of wildlife origin. In this paper, we investigated the presence and
prevalence of intestinal helminths in wild rodents, comparing this parasitism between a native forest
and exotic Monterey pine plantations (adult and young plantations) in central Chile. By analyzing
1091 fecal samples of a variety of rodent species sampled over two years, we recorded several helminth
families and genera, some of them potentially zoonotic. We did not find differences in the prevalence of
helminths between habitat types, but other factors (rodent species and season of the year) were relevant
to explain changes in helminth prevalence. Given that Monterey pine plantations are one of the most
important forestry plantations worldwide, and due to the detection of potentially zoonotic helminths,
more research should be conducted in this study area and elsewhere in order to better understand the
effect of pine plantations on parasites and pathogens in rodents and other wildlife hosts.

Abstract: Native forests have been replaced by forestry plantations worldwide, impacting biodiver-
sity. However, the effect of this anthropogenic land-use change on parasitism is poorly understood.
One of the most important land-use change in Chile is the replacement of native forests by Monterey
pine (Pinus radiata) plantations. In this study, we analyzed the parasitism (presence and prevalence)
of intestinal helminths from fecal samples of wild rodents in three habitat types: native forests and
adult and young pine plantations in central Chile. Small mammals were sampled seasonally for
two years, and a total of 1091 fecal samples from seven small mammal species were analyzed using
coprological analysis. We found several helminth families and genera, some of them potentially
zoonotic. In addition, new rodent–parasite associations were reported for the first time. The overall
helminth prevalence was 16.95%, and an effect of habitat type on prevalence was not observed. Other
factors were more relevant for prevalence such rodent species for Hymenolepis sp. and season for
Physaloptera sp. Our findings indicate that pine plantations do not increase helminth prevalence in
rodents compared to native forests.

Keywords: Chile; helminths; land conversion; Rodentia; small mammals; zoonosis; wildlife

1. Introduction

Anthropogenic land-use change can impact biodiversity and human health, being
a major driver of biodiversity loss and zoonotic disease emergence [1] Land-use change can
modify host–parasite interactions through a variety of mechanisms that involve changes in
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abundance, behavior and immune response of hosts, as well as the composition and struc-
ture of host community [2]. Additionally, land-use change can modify abiotic conditions,
which, in turn, may influence the transmission and life cycle of parasites such as helminths,
which have several life stages with close contact with the environment [3].

Rodents are one of the most important reservoir hosts of zoonotic pathogens [4], and
reservoir species are commonly found in high abundance in anthropogenic-modified habitats
(e.g., agricultural lands, pasture lands) [5]. Wild rodents can act as definitive, intermediate
and paratenic hosts of several endoparasites (helminths and protozoa) with zoonotic poten-
tial, such as Capillaria hepatica Bancroft 1893, Cryptosporidium spp., Giardia spp., Toxoplasma
gondii Nicolle and Manceaux 1908, Schistosoma spp., etc. [6,7]. In addition, helminths are the
most prevalent group of macroparasites in rodents [8]. Therefore, the study of the effect of
anthropogenic land-use change on gastrointestinal helminths in rodents is needed to better
understand host–parasite interactions in wildlife with public health implications.

The forest industry constitutes an important economic activity in tropical and temper-
ate regions of developing countries, replacing large areas of native forests and grasslands by
plantations of fast-growing exotic trees [9]. Despite the relevance of plantations worldwide,
the study of the effect of monoculture plantations on wildlife parasites has been scarce [2],
but some studies have found that plantations may increase the abundance of some ec-
toparasitic mites in rodents [10] as well as parasite richness in several wild mammals [11].
An important plantation in the global forest industry is Monterey pine, Pinus radiata (D. Don,
1836), accounting for 32% of productive plantations worldwide [12]. In Chile, Monterey
pine plantations are one of the most important land uses in south-central regions [13],
covering approximately 1.9 million ha and accounting for 68% of forestry plantations of the
country (http://www.corma.cl). This forest plantation modifies biodiversity, including the
composition and structure of rodents [14–16], as well as the prevalence and load of mites,
Ornithonyssus sp. (Mesostigmata), in rodent hosts [10].

Several gastrointestinal helminths have been detected in native and exotic rodents in
Chile [17–21]. However, to our knowledge, the effect of land use on intestinal helminths of
rodents inhabiting monoculture plantations has not been investigated. Therefore, the aim
of this study was to describe the presence and compare the prevalence of gastrointestinal
helminths in feces from wild rodents inhabiting forestry plantations and native forests in
a highly disturbed landscape from central Chile.

2. Materials and Methods

2.1. Ethical Statement

All procedures for trapping and handling rodents followed the guidelines of the
American Society of Mammalogists for the use of wild mammals in research [22] and
followed standardized safety guidelines recommended by the Centre for Disease Control
and Prevention [23]. Sampling procedures were authorized by the Servicio Agrícola
y Ganadero (SAG; Chilean Fish and Wildlife Service) (License No. 6831/2015) and the
Ethics Committee of the Faculty of Science, University of Chile.

2.2. Study Area and Sampling Sites

The study was conducted in Tregualemu (35◦58′ S, 072◦44′ W), located in the coastal
range of the Maule Region in central Chile. The landscape contains interspersed remnants
of native forest and extensive stands of Monterey pine of different ages [24]. The native
forest of the study area includes the Queules National Reserve and contiguous forests that
make up an area of 600 ha. The forest is composed of Nothofagus glauca (R. Phil.) Krasser
1896 and N. obliqua (Mirb.) Oerst, 1871, as dominant species and the evergreen Cryptocarya
alba (Molina) Looser 1950 and Peumus boldus Molina, 1782. Monterey pine plantations
in this area are managed by maintaining a developed understory or multiple vegetation
strata within monocultures [25]. Understory vegetation in mature pine plantation contains
Aristotelia chilensis Stunz 1914, P. boldus with exotic species such as Genista monspessulana
(L.) L.A.S.Johnson 1962 and Rubus ulmifolius Schott, 1818 [26].
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Small mammals were sampled in three dominant habitat types: (1) native forest,
(2) adult pine plantations (>15 years old) and (3) young pine plantations (3–4 years old).
A total of 12 sampling sites were selected: three sites each in native forest and adult pine
plantations and six in young pine plantations. Each site was separated by at least 400 m
from each other (mean distance between sites = 2025 m).

2.3. Small Mammals and Fecal Sampling

Small mammals were sampled once each season (summer: January; autumn: April–
May; winter: July–August; spring: November) over 2 years (2016–2017). Each site was
sampled in all periods, except for one adult pine plantation and one young pine plantation
site that were not sampled in autumn 2017 due to logistical constraints. At each site, live
Sherman traps were placed separated by 10 m, forming a 7 × 10 grid (70 traps), for four
consecutive nights. All traps were baited with rolled oats and vanilla essence and checked
daily at dawn. After capture, animals were identified to species [27], measured, weighed,
sexed and marked with uniquely numbered ear tags (National Band and Tag Co., Newport,
KY). Fecal samples were collected directly from the animal or from the trap and then
preserved in 70% ethanol in 2-mL microtubes. After handling, animals were released in the
same place they were captured.

2.4. Parasitological Analysis

The presence of helminth eggs and larvae in feces was analyzed using the routine
coprological method of modified Telemann [28,29]. Briefly, each stool sample was placed
in a 15-mL Falcon tube with 10 mL of 70% ethanol and 2 mL of diethyl ether and cen-
trifuged at 2000 rpm for 10 min at room temperature. After centrifugation, the supernatant
was removed and 100 μL of the sample was placed on a glass microscope slide, and
then, a 24 × 24-mm cover slip was placed on the surface of the sample. Finally, slides
were scanned under 10× and 40× objective lenses of a light microscope. Identification
of helminths was based on published taxonomic keys [28] and using references of eggs
collected from adult helminths by Landaeta-Aqueveque et al. [30]. Laboratory analyses were
performed at the Parasitology Laboratory, Faculty of Veterinary Science, University of Chile,
and at the Parasitology Laboratory, Faculty of Veterinary Science, University of Concepcion.

2.5. Data Analysis

Prevalence (the proportion of positive animals divided by the total number tested) was
calculated and 95% confidence intervals (CI) were determined using the Clopper–Pearson
method [31] for each rodent species. These analyses were performed using the software
Quantitative Parasitology v.3.0 [31]. Generalized linear models (GLMs) with binomial
distribution and logit function were used to identify variables that may explain prevalence.
Models were built using all parasites combined and also using the most frequent helminths
separately. The explanatory variables analyzed were habitat type, season and rodent
species. For each multivariate model, we calculated Akaike information criterion adjusted
for sample size (AICc), differences in AICc and Akaike weights (wr). The best models were
based on the lowest AICc values [32]. Selected models were validated by the Hosmer–
Lemeshow goodness-of-fit test. We performed these analyses with R software (R Core
Team 2017), including packages “MuMIn” [33] and “ResourceSelection” [34].

3. Results

3.1. Small Mammal Sampling

A total of 1962 individuals were captured. Small mammals belonged to seven rodent
species and a marsupial, the elegant fat-tailed mouse opossum Thylamys elegans (Water-
house, 1839). The most common species captured were Abrothrix olivacea Waterhouse,
1837 (56.5%), Oligoryzomys longicaudatus Bennett, 1832 (20.3%) and Abrothrix longipilis Wa-
terhouse, 1837 (17.5%), followed by Phyllotis darwini Waterhouse, 1837 (2.7%) and the
introduced Rattus rattus Linnaeus, 1758 (2.3%). Other small mammals captured were
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Irenomys tarsalis Philippi, 1900, Octodon bridgesi Waterhouse 1844 and T. elegans (0.7% all
three species pooled).

3.2. Parasitological Analysis

In total, 1091 fecal samples were collected and 185 samples (16.95%) were positive
to any helminth egg or larvae and were found in the majority of small mammal species
analyzed (Tables 1 and 2). The helminths identified belonged to three phyla: Acantho-
cephala, Nematoda and Platyhelminthes (Table 1; Figure 1). Another helminth egg was
found in several samples from both Abrothrix species but could not be identified (Table 1;
Figure 1). A larva was also detected in some samples (Table 1) but could not be identified
through microscope. The most frequent helminth eggs were Hymenolepis sp. (6.1%) and
Physaloptera sp. (3.5%). Prevalence of helminths in samples of the most abundant rodent
species was A. olivacea (17.7%), A. longipilis (22.2%), O. longicaudatus (6.7%) and P. darwini
(20%) (Table 2). Most helminths were found in both native forest and pine plantations,
except Strongylida, which was found only in the native forest, and Moniliformis sp., which
was only recorded in Abrothrix species in both adult and young pine plantations (Table 3).

Table 1. Presence of helminth eggs and larvae from fecal samples of small mammals. N = sample size. Number in
parentheses is the number of positive samples.

Hosts N Acantocephala Nematoda Platyhelminthes Unidentified
Abrothrix olivacea 583 Moniliformis sp.

(11)
Physaloptera sp. (30)

Syphacia sp. (6)
Capillaria sp. (3)

Unidentified larva (8)

Hymenolepis sp. (40) Unidentified egg (2)

Abrothrix longipilis 279 Moniliformis sp. (3) Physaloptera sp. (3)
Syphacia sp. (2)
Capillaria sp. (2)

Unidentified larva (4)

Hymenolepis sp. (22) Unidentified egg (20)

Oligoryzomys
longicaudatus

180 – Physaloptera sp. (3)
Syphacia sp. (1)
Capillaria sp. (1)
Strongylida (4)

Hymenolepis sp. (3) –

Phyllotis darwini 30 – Physaloptera sp. (2)
Syphacia sp. (2)

Hymenolepis sp. (2) –

Rattus rattus 15 – Syphacia sp. (2) – –
Thylamys elegans 3 – – – –
Octodon bridgesi 1 – – – –

Table 2. Helminths in fecal samples of small mammals at three habitat types. Sample size (N), number of positive individuals
(+), prevalence (P) and 95% confidence intervals (CI) are reported.

Native Forest Adult Pine Young Pine Overall
N (+) P (%) 95% CI N (+) P (%) 95% CI N (+) P (%) 95% CI N (+) P (%) 95% CI

Abrothrix
longipilis 37 (12) 32.4 18–49.8 202 (45) 22.3 16.7–28.6 40 (5) 12.5 4.2–26.8 279 (62) 22.2 17.5–27.6

Abrothrix
olivacea 31 (2) 6.5 0.8–21.4 48 (8) 16.7 7.5–30.2 504 (93) 18.5 15.2–22.1 583 (103) 17.7 14.7–21.0

Oligoryzomys
longicauda-

tus
95 (8) 8.4 3.7–15.9 19 (0) 0 - 66 (4) 6.1 1.7–14.8 180 (12) 6.7 3.5–11.4

Phyllotis
darwini 0 - - 0 - - 30 (6) 20 7.7–38.6 30 (6) 20 7.7–38.6

Rattus rattus 7 (1) 14.3 0.4–57.9 5 (1) 20 0.5–71.6 3 (0) 0 - 15 (2) 13 1.7–40.5
Octodon
bridgesi 1 (0) 0 - 0 - - 0 - - 1 (0) 0 -

Thylamis
elegans 2 (0) 0 - 1 (0) 0 - 0 - - 3 (0) 0 -

Total 173 (23) 13.3 8.6–19.3 275 (54) 19.7 15.1–24.8 643 (108) 16.8 14–19.9 1091 (185) 16.9 14.8–19.3
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Figure 1. Helminth eggs recorded from fecal samples of rodents. All images were obtained at 40×. (A) Capillaria sp.;
(B) Hymenolepis sp.; (C) Strongylida; (D) Syphacia sp.; (E) Moniliformis sp.; (F) Physaloptera sp.; (G) unidentified egg; (H)
unidentified larva.

Table 3. Number of infected host individuals reported by helminth species, host species (most abundant species) and by
habitat type. NF = native forest; AP = adult pine plantation; YP = Young pine plantation; n = number sample size. Numbers
in parentheses indicate prevalence.

A. longipilis A. olivacea O. longicaudatus

NF
n = 37

AP
n = 202

YP
n = 40

NF
n = 31

AP
n = 48

YP
n = 504

NF
n = 95

AP
n = 19

YP
n = 66

Hymenolepis sp. 4
(10.8%)

16
(7.9%)

2
(5%) 0 3

(6.2%)
37

(7.3%)
1

(1.1%) 0 2
(3%)

Physaloptera sp. 1
(2.7%)

1
(0.5%)

1
(2.5%)

1
(3.2%)

2
(4.2%)

27
(5.4%)

2
(2.1%) 0 1

(1.5%)

Syphacia sp. 1
(2.7%)

1
(0.5%) 0 0 1

(2.1%)
5

(1%)
1

(1.1%) 0 0

Capillaria sp. 1
(2.7%)

1
(0.5%) 0 0 1

(2.1%)
12

(2.4%) 0 0 1
(1.5%)

Moniliformis sp. 0 2
(1%)

1
(2.5%) 0 1

(2.1%)
10

(2%) 0 0 0

Strongylida 0 0 0 0 0 0 4
(4.2%) 0 0

3.3. Data Analysis

GLM analyses were conducted including the results of the three most abundant
rodent species (A. olivacea, A. longipilis and O. longicaudatus). Phyllotis darwini was not
included because this rodent was only present in young pine plantations [15]. The best

131



Animals 2021, 11, 384

GLM model selected according to AICc values for all helminths included season and
host species as explanatory variables (Table S1). This model indicates that prevalence of
helminths was higher in spring compared to autumn and summer, and O. longicaudatus
had lower prevalence compared to both Abrothrix species (Table 4). Habitat type was in-
cluded in the third best GLM model (Table S1), showing that helminth prevalence was not
significantly different between native forest and adult pine plantations (estimate = −0.19,
standard error (SE) = 0.31, p = 0.54) or young pine plantations (estimate = −0.16, SE = 0.30,
p = 0.59). Regarding GLM analyses using the most common helminth species, the best
model for Hymenolepis sp. included only host species as an explanatory variable (Table S2).
Oligoryzomys longicaudatus had lower prevalence of Hymenolepis sp. compared to both
Abrothrix species (Table 5). Habitat type was included in the second best GLM model
(Table S2), indicating that Hymenolepis sp. prevalence was not significantly different be-
tween native forest and adult pine plantations (estimate = 0.25, SE = 0.55, p = 0.65) or
young pine plantations (estimate = 0.46, SE = 0.55, p = 0.39). For Physaloptera sp., the
best model included the variables season and host species (Table S3), indicating that this
parasite had lower prevalence in autumn compared to all other seasons (Table 6). Similar
to previous results, habitat type was included in the second best GLM model (Table S3),
showing that Physaloptera sp. prevalence was not significantly different between native
forest and adult pine plantations (estimate = −1.02, SE = 0.78, p = 0.19) or young pine
plantations (estimate = 0.52, SE = 0.56, p = 0.35).

Table 4. Results of the best generalized linear model (GLM) that predicted the probability of positivity for helminths in
rodents. Spring and O. longicaudatus were used as the reference categories. Hosmer–Lemeshow test: χ2 = 10.96, p = 0.20
(p > 0.05 is interpreted as fit).

Estimate (SE) z Value p Value Odds Ratio Lower 95% CI Upper 95% IC

Intercept −2.08 (0.36) −5.80 <0.001 *
Season Autumn −0.71 (0.24) −2.98 0.003 * 0.49 0.31 0.78

Summer −0.50 (0.23) −2.18 0.030 * 0.60 0.38 0.95
Winter −0.37 (0.25) −1.50 0.132 0.69 0.43 1.12

Host species A. longipilis 1.21 (0.36) 3.52 <0.001 * 3.36 1.76 6.90
A. olivacea 0.94 (0.33) 2.87 0.004 * 2.57 1.40 5.13

* p values < 0.05.

Table 5. Results of the best GLM that predicted the probability of positivity for Hymenolepis sp. in rodents. O. longicaudatus
was used as the reference category. Hosmer–Lemeshow test: χ2 = 5.16, p = 0.74 (p > 0.05 is interpreted as fit).

Estimate (SE) z Value p Value Odds Ratio Lower 95% CI Upper 95% CI

Intercept −2.01 (0.58) −7.01 <0.001 *
Host species A. longipilis 1.62 (0.62) 2.60 0.009 * 5.05 1.72 21.56

A. olivacea 1.47 (0.61) 2.43 0.015 * 4.35 1.56 18.11

* p values < 0.05.

Table 6. Results of the best GLM that predicted the probability of positivity for Physaloptera sp. in rodents. Autumn and O.
longicaudatus were used as the reference categories. Hosmer-Lemeshow test: χ2 = 2.43, p = 0.97 (p > 0.05 is interpreted as fit).

Estimate (SE) z Value p Value Odds Ratio Lower 95% CI Upper 95% CI

Intercept −4.83 (0.71) −6.80 <0.001 *
Season Spring 1.67 (0.60) 2.78 0.005 * 5.31 1.76 19.80

Summer 1.21 (0.61) 1.98 0.048 * 3.37 1.08 12.75
Winter 1.37 (0.60) 2.28 0.030 * 3.93 1.30 14.51

Host species A. longipilis 0.90 (0.85) −1.06 0.290 0.41 0.07 2.33
A. olivacea 0.76 (0.65) 1.18 0.240 2.14 0.68 9.42

* p values < 0.05.
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4. Discussion

In this study, we recorded helminth families or genera that are associated with rodents
in Chile and elsewhere [17,35,36]. Furthermore, some of the helminth genera recorded
may belong to zoonotic species, such as Hymenolepis diminuta Rudolphi 1819, H. nana
Siebold 1852, Syphacia obvelata Rudolphi 1802 and S. muris Yamaguti 1941, which have been
reported in Chile [30,37]. The following host–parasite associations are registered for the
first time: P. darwini–Physaloptera sp., A. longipilis–Moniliformis sp., A. longipilis–Physaloptera
sp., A. longipilis–Capillaria sp. and O. longicaudatus–Capillaria sp. We used traditional routine
coprological analyses to detect helminths in feces, which have been successfully employed
to address the effect of land use on parasites elsewhere [11,35,38]. However, further studies
are needed to identify the helminth species present in the study area which should focus
on identification of adult helminths [30] and/or species identification through molecular
tools, which has been scarcely used for helminth egg identification from fecal samples
of rodents [39].

The findings of some helminths only in native forest (Strongylida in O. longicaudatus) or
only in pine plantations (Moniliformis in Abrothrix spp.) might be a consequence of the low
prevalence of these parasites (0.37–1.3%, respectively). Our results indicate that helminth
prevalence in wild rodents varies among seasons and host species but is not affected by
habitat type. Therefore, the replacement of native forest by pine plantations in the study
area would not be a driver for increased transmission of helminths with zoonotic potential
in rodents. A previous investigation in the study area has shown a similar outcome, in
which the prevalence of mites (Androlaelaps sp.) parasitizing A. olivacea was similar between
the native forest and pine plantations [10]. On the other hand, the prevalence of other mite
species (Ornithonyssus sp.) on the same host was increased in young pine plantations [10].
These contrasting results show that the effect of Monterey pine plantations on parasitism is
parasite-dependent, which might be consequence of differences in the ecology, life cycle
and other attributes between parasite species and their relation to the environment and
their hosts. In fact, the effects of land-use change on helminth parasitism depend on the
life history traits of each host–parasite association, as shown in several studies across the
world [3,35,40,41].

Hymenolepis sp. was the most common helminth found, with higher prevalence in
both Abrothrix species compared to O. longicaudatus. Most species of the genus Hymenolepis
have an indirect cycle, including free living and ecto-parasite arthropods as intermediate
hosts [42]. Therefore, differences in prevalence among rodents could be related to food
habits, where the diets of A. olivacea and A. longipilis include a higher composition of
insects (up to 25–32%) [27] compared to O. longicaudatus, for which invertebrates represent
a minor component of the diet (5−10%) [27,43]. On the other hand, Physaloptera sp., the
second most prevalent helminth, presented a seasonal variation, with lower prevalence in
autumn compared to other seasons. As some Physaloptera species have complex cycles with
intermediate hosts such as Coleoptera, Blattodea and Orthoptera, seasonal variation could
be related to environmental conditions acting on variations in abundance of intermediate
hosts and/or dietary changes of hosts, as suggested by Cawthorn and Anderson [44].
In fact, some invertebrates such as ground beetles (Coleoptera: Carabidae) in the study
area have seasonal variations, increasing their abundance and richness in summer [45].

Several studies have investigated the impact of Monterrey pine plantation on biodi-
versity worldwide [25,46]. However, the effect on parasites and pathogens has only been
recently addressed [10,15,47]. In this context, more studies are needed for a better under-
standing on the effects of pine plantations on parasites and pathogens of wildlife, including
an ecological approach using multiple temporal and spatial scales [48]. This information
will be useful for addressing the nexus between wildlife and zoonosis risks into land use
planning, within the One Health framework [49,50].
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5. Conclusions

In this study, we reported several intestinal helminths in fecal samples from wild
rodents in the landscape of central Chile, but we did not find differences in helminth
prevalence between rodents inhabiting native forests and Monterey pine plantations (adult
and young plantations). As Monterey pine plantations are one of the most important
forestry plantations worldwide, more research should be conducted in order to better
understand the effect of pine plantations on other micro- and macroparasites of public
health concern.
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Simple Summary: Sarcocystidae is a family of apicomplexan protozoa highly prevalent in verte-
brates. The definitive hosts of sarcocystids eliminate oocysts or sporocysts that infect intermediate
hosts. After infection, mature tissue cysts (sarcocysts) develop in intermediate hosts, mostly in
muscle and neurological tissues. Sarcocysts are infectious for definitive hosts, which acquire them
through carnivorous or scavenging habits. Intermediate hosts and definitive hosts are the natural
hosts of sarcocystids in which infections are usually mildly or not symptomatic. In 2017, muscular
and neurological tissues of 22 birds from Magdalena Islands, southern coast of Chile, were screened
for the presence of DNA of sarcocystids. DNA of organisms of the genus Sarcocystis was identi-
fied in two Chilean skuas (Stercorarius chilensis). The genetic makeup of the parasite detected in
skuas was unprecedented and probably represent a new species in the genus. It is well known that
Sarcocystis may cause severe infections in aberrant hosts, which are susceptible animals that do not
behave as natural hosts for the parasite and have low resistance to the infection, thus more studies
are needed to characterize this parasitosis in skuas and other hosts to understand the epidemiology
of the infection and its impact on the health of marine fauna.

Abstract: Evidence of sarcocystid infection was investigated in samples of 16 penguins (Spheniscus.
magellanicus), four Dominican gulls (Larus dominicanus) and two Chilean skuas (Stercorarius chilensis)
found in Madalenas Islands, Chile, in 2017. Samples of skeletal muscle, cardiac muscle and brain
from all birds were screened by a pan-sarcocystid nested-PCR targeting a short fragment of the
gene encoding the small ribosomal unit (nPCR-18Sa). The only two positive samples by nPCR-
18Sa, both from skuas, were tested by a nested-PCR directed to the internal transcribed spacer
1 (nPCR-ITS1), also a pan-sarcocystidae nested-PCR, and to a nested-PCR directed to the B1 gene
(nPCR-B1), for the exclusive detection of Toxoplasma gondii. The two nPCR-18Sa-positive samples
were nPCR-ITS1-positive and nPCR-B1-negative. The nPCR-ITS1 nucleotide sequences from the two
skuas, which were identical to each other, were revealed closely related to homologous sequences
of Sarcocystis halieti, species found in seabirds of northern hemisphere. Larger fragments of genes
encoding 18S and partial sequences of genes coding for cytochrome oxidase subunit 1 were also
analyzed, corroborating ITS1 data. The haplotypes found in the skuas are unprecedent and closely
related to species that use birds as the definitive host. Further studies need to be carried out to detect,
identify and isolate this parasite to understand the epidemiology of the infection and its impact on
the health of marine fauna.

Keywords: wild birds; coccidian; molecular; apicomplexa; marine
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1. Introduction

The phylum Apicomplexa is composed of obligate intracellular parasites that are char-
acterized by having a specialized structure called the apical complex, which is used
to invade vertebrate host cells [1] Within this phylum, the Sarcocystidae family com-
prises more than 196 species of coccidia that form cysts in tissues of intermediate hosts.
Although taxonomic controversies still exist, this family has been divided into three subfam-
ilies: Sarcocystinae, represented by the genera Frenkelia and Sarcocystis; Cystoisosporinae,
containing the genus Cystoisospora; and Toxoplasmatinae, a subfamily with a few species
grouped in the genera Besnoitia, Hammondia, Neospora and Toxoplasma [2–5].

Toxoplasma gondii is a coccidian parasite with worldwide distribution. It infects virtu-
ally all warm-blooded animals, including humans, but only cats (domestic and wild) act as
definitive hosts. Toxoplasmosis has been reported in many avian species; however, little infor-
mation is available in relation to populations of Spheniscus magellanicus, Stercorarius chilensis
and Larus dominicanus [6]. Recently, T. gondii antibodies were detected in 57 (43.18%) out of
132 serum samples collected from free-living Magellanic penguins (Spheniscus magellanicus)
on Magdalena Island, Chile, with titers that ranged from 20 to 320 [7].

The genus Sarcocystis has an obligate two-host life cycle. Asexual stages develop in
intermediate hosts, usually omnivores, through forming cysts in the musculature and
central nervous system. Infection of intermediate hosts occurs through their ingestion of
food or water contaminated with sporocysts. Sexual stages only develop in the definitive
host, which is typically a carnivore or an omnivore, and infection in this case occurs through
ingestion of meat contaminated with cysts [8]. Sarcocystids of the genus Sarcocystis may
cause severe infections in aberrant hosts, which are susceptible animals that do not behave
as natural hosts of the parasite and have low resistance to the infection. Thus, Sarcocystis
potentially pose risk to human and animal health, depending on the susceptible host
behaving as aberrant host or not [8].

A few studies have documented the presence of Sarcocystis spp. in wild animals in
Chile. Presence of cysts of this parasite has been confirmed in muscle tissues of pudu
deer (Pudu puda), guanacos (Lama guanicoe) and sea lions (Otaria byronia) [9–11]. However,
Sarcocystis has not yet been described in Chilean wild birds.

The Chilean skua Stercorarius chilensis is a large predatory seabird that inhabits shore
ecosystems along the southern cone of South America from central Peru to northern
Argentina, with occasional occurrence on the coasts of Ecuador, Brazil, Uruguay and
Antarctica [12]. Skuas belong to the order Charadriiformes and are considered to be
opportunist feeders, preying on a wide diversity of animals such as small seabirds, fish,
scraps and carrion [13,14]. Populations of skuas may be small, but they do not approach
the thresholds for vulnerable classification following a population-size criterion (<10,000
mature individuals) [15].

Considering other coastal birds’ species, the Kelp Gull (Larus dominicanus) is an oppor-
tunistic feeder like numerous Laridae and consumes a wide variety of fishes, invertebrates and
fisheries waste [16,17]. A high diversity in the use of habitat types has been recorded through-
out its distributional range in the Southern Hemisphere, including Argentina, Brazil, Chile,
Peru and Uruguay, and the breeding population has been estimated at least 160,000 pairs [17].
In contrast, the Magellanic penguin (S. magellanicus) has approximately 1.1 to 1.6 million breed-
ing pairs that nest along the eastern and western coasts of South America, in Argentina Chile
and the Malvinas/Falkland Islands [18]. Spheniscus magellanicus has a primarily piscivorous
diet with the presence of some cephalopods and crustaceans [19].

To date, more than 25 species of Sarcocystis have been found to use birds as inter-
mediate hosts [8,20]. Sarcocystis falcatula, Sarcocystis calchasi and the recently described
unnamed species Sarcocystis sp. Chicken-2016-DF-BR, which can possibly be interpreted as
Sarcocystis wenzeli [21] are species that may be pathogenic for intermediate hosts [22–24].

Focusing on T. gondi and the genus Sarcocystis, the aim of this study was to screen
for the evidence of new species or species genotypes of Sarcocystidae in seabird carcasses
from southern Chile, a region with scarce data on the occurrence of this group of parasites.
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Molecular evidence of a unique haplotype of genus Sarcocystis was found in two Chilean
skuas (S. chilensis).

2. Materials and Methods

2.1. Ethical Considerations

Sample collections on Magdalena Island were conducted under license no. 039/2016 issued
by the National Forestry Corporation (Corporación Nacional Forestal; CONAF), and permit no.
2799 issued by the National Fisheries Service (Servicio Nacional de Pesca; SERNAPESCA), Chile.
This study was approved by the Ethics Committee on Animal Use (CEUA-no. 9701041113) of
the School of Veterinary Medicine, University of São Paulo (FMVZ-USP).

2.2. Collection of Samples

In January 2017, fragments from the pectoral muscle, heart and brain, comprising
approximately 5–10 g each, were collected from fresh seabird carcasses on Magdalena
Island. This island is located in the Strait of Magellan, near the city of Punta Arenas,
in southern Chile (52◦55′10.0” S; 70◦34′37.7” W), and constitutes a natural reserve named
“Monumento Natural Los Pinguinos”. Necropsies were performed in situ and samples
were stored in sterile microtubes at −20 ◦C until the time of analysis. Samples were
collected from 22 birds: 16 penguins (S. magellanicus), four Dominican gulls (L. dominicanus)
and two Chilean skuas (S. chilensis), totaling 66 samples (22 from pectoral muscles, 22 from
hearts and 22 from brains).

2.3. Molecular Identification

Tissue samples of 25–50 mg were subjected to DNA extraction using the DNeasy Blood
and Tissue kit (Qiagen, Hilden, Germany) following the manufacturer’s recommendations,
with the exception of final elution of the product into 50 μL of elution buffer from Qiagen
Kit. As internal control for the evaluation of the successfulness of the DNA extraction,
DNA samples were tested by conventional PCR targeting mitochondrial hypervariable
region in the penguins derived samples and by PCR directed to mitochondrial 16S rRNA
gene in the tissues from the other seabirds [25–27].

Initial screening targeting the Sarcocystidae family was performed using a pan-
sarcocystid nested PCR based on primers [28] directed to a short fragment of 18S rDNA
gene (nPCR-18Sa). The nPCR-18Sa positive samples were further investigated for the
presence of DNA of T. gondii to amplify partial fragments of gene B1 (nPCR-B1) using the
primers described by [29]. The nPCR-18Sa positive samples were also tested by a second
pan-sarcocystid nested PCR directed to internal transcribed spacer 1 (nPCR-ITS1) [30,31]
The nPCR-ITS1 were used in order to obtain genetic sequences capable of differentiating
the species of the Sarcocystid screened with nPCR-18Sa. The nPCR-ITS1 positive sam-
ples were further tested with a third pan-sarcocystid nested PCR, now targeting a larger
fragment of 18S rDNA gene (nPCR-18Sb) using primers described by [32], as well with
a Sarcocystis specific nested PCR [30] directed to cytochrome oxidase subunit I (nPCR-CO1).
The primers are depicted in Table 1.

The first round of nPCR-18Sa were performed with 3.0 μL of extracted DNA, 1.8 μL
of 10× PCR Buffer (KCL 50 mM; Tris HCl 10 mM; pH 9.0) (Life Technologies Corporation,
Carlsbad, CA 92008 USA), 0.7 μL of MgCL2 (50 mM), 1.4 μL of mixed dNTPs (10 mM),
0.1 μL of each primer (25 μM), 0.14 μL of PlatinumTM Taq DNA Polymerase (5 U/μL)
(Life Technologies Corporation, Carlsbad, CA 92008 USA) and ultrapure autoclaved water
to a volume of 18 μL per reaction. The PCR thermal cycling consisted of an initial incubation
at 94 ◦C for 30 sec, followed by 30 cycles (94 ◦C for 25 sec, 55 ◦C for 1 min, 72 ◦C for 1.5 min)
and a final extension at 72 ◦C for 10 min. For the second rounds: 1 μL of template derived
from the first reactions, 2.5 μL of 10× PCR Buffer (KCL 50 mM; Tris HCl 10 mM; pH 9.0)
(Life Technologies Corporation, Carlsbad, CA 92008 USA), 2.5 μL of MgCL2 (50 mM),
4.0 μL of mixed dNTPs (10 mM), 1.25 μL of each primer (10μM), 0.15 μL of PlatinumTM Taq
DNA Polymerase (5 U/μL) (Life Technologies Corporation, Carlsbad, CA 92008 USA)and
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ultrapure autoclaved water to a volume of 25 μL per reaction. The PCR thermal cycling
consisted of an initial incubation at 94 ◦C for 4 min, followed by 30 cycles (94 ◦C for 30 s,
55 ◦C for 1 min, 72 ◦C for 2.0 min) and a final extension at 72 ◦C for 10 min. For the second
rounds the same quantities of the reagent mixture with primers at 50 μM, using 2 μL of the
product of the PCR diluted in ultra-pure water (1:2). The nPCR thermal cycling consisted
of an initial incubation at 94 ◦C for 4 min, followed by 35 cycles (94 ◦C for 30 s, 55 ◦C for
1 min, 72 ◦C for 2.0 min) and a final extension at 72 ◦C for 10 min.

Table 1. Primers for the detection of Sarcocystidae in tissues of seabirds from Magdalena Island, Chile.

PCR Primers Sequences PCR Step a Reference

nPCR-18S Tg18s48F CCATGCATGTCTAAGTATAAGC 1 [28]
Tg18s359R GTTACCCGTCACTGCCAC 1 [28]
Tg18s58F CTAAGTATAAGCTTTTATACGGC 2 [28]

Tg18s348R TGCCACGGTAGTCCAATAC 2 [28]
nPCR-B1 T1 AGCGTCTCTCTTCAAGCAGCGTA 1 [29]

T2 TCCGCAGCGACTTCTATCTCTGT 1 [29]
T3 TGGGAATGAAAGAGACGCTAATGTG 2 [29]
T4 TTAAAGCGTTCGTGGTCAACTATCG 2 [29]

nPCR-18Sb 18S9L GGATAACCTGGTAATTCTATG 1 + 2 [32]
18S1H GGCAAATGCTTTCGCAGTAG 1 + 2 [32]

nPCR-CO1 COX1-227F25 GTTTTGGTAACTACTTTGTACCGAT 1 [31]
COX1-885R25 GAAATATGCACGAGTATCTACCTCT 1 [31]
COX1-275F22 TGTACCCACGAATTAATGCAGT 2 [31]
COX1-844R21 GTGTGCCCATACTAGAGAACC 2 [31]

nPCR-ITS1 JS4 CGAAATGGGAAGTTTGAAC 1 [33]
CT2c CTGCAATTCACATTCGC 1 [30]
JS4b AGTCGTAACAAGGTTTCCGTAGG 2 [30]
CT2b TTGCGCGAGCCAAGACATC 2 [30]

a Primers used in the first round of amplification (1); primers used in the second round of amplification (2); primers used in both first and
second round of amplification (1 + 2).

The first round of nPCR-B1 were performed with 1.0 μL of extracted DNA, 2.5 μL of
10× PCR Buffer (KCL 50 mM; Tris HCl 10 mM; pH 9.0), (Life Technologies Corporation,
Carlsbad, CA 92008 USA), 0.75 μL of MgCL2 (50 mM), 4.0 μL of mixed dNTPs (10 mM),
1.25 μL of each primer (10 μM), 0.15 μL of PlatinumTM Taq DNA Polymerase (5 U/μL)
(Life Technologies Corporation, Carlsbad, CA 92008 USA)and ultrapure autoclaved water
to a volume of 25 μL per reaction. The PCR thermal cycling consisted of an initial incubation
at 94 ◦C for 3 min, followed by 25 cycles (94 ◦C for 25 s, 55 ◦C for 1 min, 72 ◦C for 1.5 min)
and a final extension at 72 ◦C for 10 min. For the second rounds: 1 μL of template derived
from the first reactions, 2.5 μL of 10× PCR Buffer (KCL 50 mM; Tris HCl 10 mM; pH
9.0) (Life Technologies Corporation, Carlsbad, CA 92008 USA), 2.5 μL of MgCL2 (50 mM),
4.0 μL of mixed dNTPs (10 mM), 1.25 μL of each primer (10 μM), 0.15 μL of PlatinumTM Taq
DNA Polymerase (Life Technologies Corporation, Carlsbad, CA 92008 USA) and ultrapure
autoclaved water to a volume of 25 μL per reaction. The nPCR thermal cycling consisted
of an initial incubation at 94 ◦C for 3 min, followed by 35 cycles (94 ◦C for 25 s, 55 ◦C for
1 min, 72 ◦C for 1.5 min) and a final extension at 72 ◦C for 10 min.

The first round of nPCR-18Sb, nPCR-ITS1 and nPCR-CO1 were performed with 4 μL
of extracted DNA, 2.5 μL of 10× PCR Buffer (KCL 50 mM; Tris HCl 10 mM; pH 9.0)
(Life Technologies Corporation, Carlsbad, CA 92008 USA), 1.0 μL of MgCL2 (50 mM),
0.5 μL of mixed dNTPs (10 mM), 1.0 μL of each primer (10 μM), 0.2 μL of PlatinumTM

Taq DNA Polymerase (Life Technologies Corporation, Carlsbad, CA 92008 USA) (5 U/μL)
(Termofischer Scientific) and ultrapure autoclaved water to a volume of 25 μL per reaction.
The PCR thermal cycling consisted of an initial incubation at 94 ◦C for 3 min, followed by
35 cycles (94 ◦C for 30 s, 56 ◦C for 30 s, 72 ◦C for 50 s) and a final extension at 72 ◦C for 5 min.
For the second rounds: 2 μL of template derived from the first reactions, 2.5 μL of 10× PCR
Buffer (KCL 50 mM; Tris HCl 10 mM; pH 9.0) (Life Technologies Corporation, Carlsbad,
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CA 92008 USA), 1.0 μL of MgCL2 (50 mM), 0.5 μL of mixed dNTPs (10 mM), 2.5 μL of each
primer (10 μM), 0.2 μL of PlatinumTM Taq DNA ) (Life Technologies Corporation, Carlsbad,
CA 92008 USA) (5 U/μL) and ultrapure autoclaved water to a volume of 25 μL per reaction.
The thermal cycling was the same used in the first round.

DNA of Sarcocystis neurona, Neospora caninum and Hammondia hammondi was used as
positive controls and ultrapure DNAse-free water as the negative control for all reactions.

PCR products were resolved on 2.0% agarose gels and viewed through UV transillumi-
nation. Amplicons of the expected sizes were treated with ExoSAP-IT (Affimetryx/Thermo
Fisher Scientific, Santa Clara, CA, USA), prepared for sequencing using the Big Dye Termi-
nator cycle sequencing kit (Applied Biosystems, Foster City, CA, USA) and sequenced in
an ABI automated sequencer (ABI 3500 Genetic Analyzer, Applied Biosystems). Sequencing
was performed using the same primers as in the nPCR consensus. Sequence edition and
contig assemblies were done by using the software Codoncode aligner, Codoncode Corpo-
ration. Final sequences were compared with homologous available in GenBank, using the
BLASTn algorithm (Table S1) (https://blast.ncbi.nlm.nih.gov/Blast.cgi).

For the phylogenies, sequences were aligned using the Clustal W program, as imple-
mented in the BioEdit Sequence Alignment Editor [34]. The phylogenetic tree based on ITS1
was inferred using MEGA X [35], through the maximum likelihood method and T92 model
of evolutionary distances. Branch supports were tested through 1000 bootstrap replications.

3. Results

3.1. Molecular Identification

Sixty-six tissue samples from 22 seabirds were screened by nPCR-18Sa and only
two samples of pectoral muscle from two Chilean skuas were positive. None of these
two samples were positive for the T. gondii-specific nested-PCR (nPCR-B1). The two
nPCR-18Sa-positive samples were also positive by nPCR-ITS1, nPCR-18Sb and nPCR-CO1
(Figure 1, left panel). After sequencing nPCR-ITS1, nPCR-18Sb and nPCR-CO1 amplicons
and removal of primer-derived sequences, 861, 783 and 547 base pairs were obtained,
respectively. Fragments of the sequences obtained are shown in Figure 1, right panel.
The homologous sequences of the two samples were identical to each other, thus only one
set were submitted to the GenBank, under the accession numbers MW160469, MW161469,
MW157378. Through BLAST searches, ITS1, CO1 and 18S genetic sequences were compared
with sequences producing the most significant alignments, with query coverage ≥ 99%
and percentage similarities ≥ 99.00% in the cases of CO1 and 18S. All ITS1 sequences with
query cover ≥ 96% were used for analyses of the genetic sequence of the skuas.

 

Figure 1. Left panel: Agarose gel electrophoresis of nPCR-ITS1 (1), nPCR-CO1 (2), and nPCR-18Sb (3) amplicons from
Sarcocystis sp. ex Stercorarius chilensis, nPCR-ITS1 amplicons (4) from Sarcocystis neurona and Ladder Scada 100 bp, Sinapse,
Inc. (L). Right panel: segments of the electropherogram obtained after sequencing nPCR-18Sb (top), nPCR-CO1 (middle),
and nPCR-ITS1 (bottom) amplicons from Sarcocystis sp. ex Stercorarius chilensis.

The ITS1 fragment from the skuas showed 96.14–96.28% identity to sequences of
Sarcocystis halieti from herring gulls (Larus argentatus) (MN450340–MN450356), great cor-
morants (Phalacrocorax carbo) (MH130209, JQ733513) and white-tailed sea-eagles (Haliaeetus
albicilla) (MF946589–MF946596). Sarcocystis sp. from Cooper’s hawk (Accipiter cooperii)
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(KY348755), Sarcocystis columbae from common woodpigeons (Columba palumbus) (GU253885,
HM125052) and herring gulls (Larus argentatus) (MN450338–MN450339) and Sarcocystis
corvusi from Eurasian jackdaws (Corvus monedula) (JN256119) showed less than 94% sequence
identity with homologous sequences from the Chilean skuas at ITS1 locus.

In contrast to ITS1, much less genetic variability was observed within the CO1 and
18S coding genes. The haplotype obtained from the skuas was named Sarcocystis sp.
ex Stercorarius chilensis.

The CO1 sequences from Sarcocystis sp. ex Stercorarius chilensis were 100% identical
with homologous sequences of S. corvusi (MH138314), S. columbae (MH138312) and S. halieti
(MH138308-09; MF946583). Sarcocystis fulicae (MH138316), Sarcocystis wobeseri (MH138315),
Sarcocystis cornixi (MH138313) and Sarcocystis sp. ex Accipiter cooperii (KY348756) differed
by only one nucleotide substitution from Sarcocystis sp. ex Stercorarius chilensis at this locus.
Regarding the 18S rRNA gene, the maximum percentage identity was found between
Sarcocystis sp. ex Stercorarius chilensis and S. halieti (99.74%).

3.2. Phylogeny

The ITS1-based phylogeny demonstrated that the species that shares the most recent
ancestral commonality with Sarcocystis sp. ex Stercorarius chilensis was S. halieti (Figure 2).

These sequences were separated with high support from a major clade comprising the
species Sarcocystis sp. ex Columba livia (FJ232948), Sarcocystis calchasi (KC733715–KC733718) and
Sarcocystis wobeseri (MN450365–MN450373, HM159421, JN256121), which exploit Anseriformes,
Charadriiformes, Columbiformes, Psittaciformes and other birds as intermediate hosts.

Altogether, the Sarcocystis species that were most similar to Sarcocystis sp. ex Stercorarius
chilensis used birds as intermediate hosts.

 

Figure 2. Phylogenetic tree of Sarcocystis species based on ITS1 sequences. The tree was constructed using the maximum
likelihood method and Tamura 3 parameters nucleotide substitution model. The final alignment contained 49 sequences
and 814 aligned nucleotide positions. All positions containing gaps and missing data were eliminated (complete deletion
option). Numbers in branches represent bootstrap values after 1000 replicates. The red dot identifies the sequence of
Sarcocystis sp. ex Stercorarius chilensis.

4. Discussion

Toxoplasma gondii has high genotypic diversity and several new genotypes have been
described in wildlife [36–38], which has aided to understand the shape of molecular evo-
lution and the epidemiology of the infection [38]. Similarly, several species descriptions
have been made for the genus Sarcocystis, most of them with the aid of molecular meth-
ods [39–43]. This study presents the results of a molecular screening of Sarcocystidae
focusing on animal species and geographical areas where these parasites have rarely or not
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yet been identified. DNA of organisms of the genus Sarcocystis was identified in two
Chilean skuas, whereas DNA of T. gondii were not found in any sample. The Sarcocystis
haplotype detected in skuas was named Sarcocystis sp. ex Stercorarius chilensis.

Although all the samples tested negative for the presence of T. gondii, antibodies
against this parasite were detected previously in 57 (43.18%) of the 132 serum samples
from free-living Magellanic penguins from the same region, with titers that ranged from
20 to 320 [7]. Herein, infected animals were not encountered possibly because the sampling
was insufficient to find at least one positive animal, as the prevalence of the infection
in seabirds in the sampled area are not known and the sampling might have not been
representative of the population surveyed. In addition, the mass of tissue that was tested
might have been insufficient because of the very sparse and focal distribution of T. gondii
cysts in the tissues of the HI, thus, digestion of samples previously to the DNA extraction
and subsequent DNA detection would be more appropriate than direct DNA extraction,
as used in this study [44].

Oocysts of T. gondii can sporulate and survive in seawater for months [45,46]. Marine
mammals in different groups (cetaceans, pinnipeds and sirenians) and seabirds might
become infected through consumption of water containing the oocysts. Thus, T. gondii
oocysts from felidae feces might enter the marine environment and contaminate both the
water and several invertebrate species, which could act as vectors of infection for mammals
and seabirds [47]. Mice can be experimentally infected when fed with T. gondii-contaminated
oysters (Crassostrea virginica) [45] proving that T. gondii was able to survive for several
months in these mollusks [48]. Anchovies and Pacific sardines can be experimentally
contaminated with T. gondii oocysts, which indicates that migratory filter feeders may serve
as biotic vectors for this parasite [49]. Another study proved that freshwater crustaceans
were able to bioaccumulate T. gondii oocysts. It should be noted that crustaceans are part of
penguins’ and many seabirds’ food chain [50,51]. Thus, although the birds screened here
were found not infected by T. gondii, marine fauna are at risk of acquiring the infection,
by ingesting oocysts carried by transport hosts (oysters, fish and other) or through predation
of intermediate hosts in the marine or in the coastal environment.

Based on molecular data, Sarcocystis sp. ex Stercorarius chilensis is an undescribed
Sarcocystis species, closely related to S. halieti. The molecular identification based on ITS1,
CO1 and 18S rRNA gene sequences showed a closed relationship between Sarcocystis
sp. from Chilean skuas and other Sarcocystis spp. that use birds as intermediate hosts
and predatory birds as definitive hosts. As expected, the most variable locus was ITS1,
and phylogenies based on 18S rRNA and CO1 genes showed insufficient discrimination
power to differentiate between species within the genus [39,41].

The most similar sequences to ITS1 of Sarcocystis sp. ex Stercorarius chilensis are those
from Sarcocystis spp. that use hawks as definitive hosts. Sarcocystis sp. ex Stercorarius chilensis
grouped together with S. halieti, a species that uses white-tailed sea-eagles (Haliaeetus
albicilla) and Eurasian sparrowhawks (Accipiter nisus) as definitive hosts [39]. Other taxa
found through ITS1-based BLAST searches encompass Sarcocystis spp. that also use hawks
as definitive hosts (Accipiter cooperii, Accipiter nisus), except for S. corvusi, for which this
information remains unknown [52,53]. Accipiter hawks (Accipiter gentilis, Accipiter nisus)
are definitive hosts for S. calchasi [54–56].

Several studies have expanded the knowledge on the host specificity of Sarcocystis, as
unequivocal identification of the parasite can be achieved after identifying sarcocysts and
oocysts to species level using molecular methods. Sarcocystis halieti and Sarcocystis lari were
found to have formed oocysts in the intestine of white-tailed sea eagle (Haliaeetus albicilla),
showing for the first time the potential role of sea eagle as definitive host of those species
of Sarcocystis [53]. Likewise, european seabirds were found to harbor several species of
Sarcocystis after DNA of Sarcocystis lari, S. wobeseri, S. columbae and S. halieti were detected
in sarcocysts infecting muscle of herring gulls (Larus argentatus), great black-backed gulls
(Larus marinus) and great cormorants (Phalacrocorax carbo) in Lithuania [40–42].
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The four morphologically indistinguishable Sarcocystis species, Sarcocystis lari, S. wobeseri,
S. columbae and S. halieti, could only be differentiated in L. argentatus by means of ITS1
sequence analysis [42]. Likewise, only ITS1 clearly discriminated Sarcocystis sp. ex Stercorarius
chilensis from S. halieti, which reinforces that molecular characterization using this marker is
of paramount importance to distinguish closed related species within the genus.

It is well known that a single animal can host more than one Sarcocystis species [40].
Here, sarcocysts were not individually excised and subjected to molecular examination,
notwithstanding, the possibility of mixed infected samples of skuas was discarded because
single peaks and clean sequence throughout the chromatograms were obtained for each
sequence. Thus, a haplotype could be confidently assigned to the samples.

Although screening Sarcocystis by using molecular methods without morphological
characterization of parasitic structures is obviously not enough to name a new species,
this procedure may provide subsides to future studies on the epidemiology of the infection
and its impact on the health of marine fauna. To our knowledge, Sarcocystis in south
American seabirds were identified only once [43], which suggests that a wide field of
research on diversity of sarcocystidae can be explored on this continent.

5. Conclusions

Although few animals have been screened in this study and morphological character-
ization of the parasites was not carried out, evidence of an unprecedented haplotype of
Sarcocystis was found in skuas from Chile, which demonstrate that molecular screening of
Sarcocystis can be a valuable tool to prospect for new species, contributing to knowledge
on the epidemiology of sarcocystosis and life cycle of Sarcocystis. Sporocysts shed with
feces, sarcocysts in tissues or rapid dividing structures in acute sarcocystosis (schyzonts
and merozoites) can be more easily and accurately identified as data on Sarcocystis genetic
sequences increases. Nevertheless, a complete study encompassing aspects of life cycle
and morphological data is necessary to fully describe Sarcocystis sp. ex Stercorarius chilensis
and additional studies are needed to better understand the epidemiology of the infection
and its impact on the health of marine fauna.
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Simple Summary: A cross-sectional study was carried out to assess the presence of zoonotic
microsporidia in organ meats of European wild rabbits and Iberian hares consumed by humans in
Spain. Between July 2015 and December 2018, kidney samples from 383 wild rabbits and kidney and
brain tissues from 79 Iberian hares in southern Spain were tested by species-specific polymerase chain
reactions (PCRs) for the detection of microsporidia DNA. We confirmed the presence of Enterocytozoon
bieneusi in three wild rabbits and Encephalitozoon intestinalis in one wild rabbit and three Iberian hares.
However, none of the 462 sampled wild lagomorphs showed Encephalitozoon hellem nor Encephalitozoon
cuniculi infection. This is the first report of E. intestinalis infection in wild rabbits and Iberian hares.
The presence of E. bieneusi and E. intestinalis in organ meats from wild lagomorphs can be of public
health concern. Additional studies are required to determine the real prevalence of these parasites in
European wild rabbit and Iberian hare.

Abstract: Microsporidia are obligate intracellular protist-like fungal pathogens that infect a
broad range of animal species, including humans. This study aimed to assess the presence of
zoonotic microsporidia (Enterocytozoon bieneusi, Encephalitozoon intestinalis, Encephalitozoon hellem,
and Encephalitozoon cuniculi) in organ meats of European wild rabbit (Oryctolagus cuniculus) and
Iberian hare (Lepus granatensis) consumed by humans in Spain. Between July 2015 and December 2018,
kidney samples from 383 wild rabbits and kidney and brain tissues from 79 Iberian hares in southern
Spain were tested by species-specific PCR for the detection of microsporidia DNA. Enterocytozoon
bieneusi infection was confirmed in three wild rabbits (0.8%; 95% CI: 0.0–1.7%) but not in hares
(0.0%; 95% CI: 0.0–4.6%), whereas E. intestinalis DNA was found in one wild rabbit (0.3%; 95% CI:
0.0–0.8%) and three Iberian hares (3.8%; 95% CI: 0.0–8.0%). Neither E. hellem nor E. cuniculi infection
were detected in the 462 (0.0%; 95% CI: 0.0–0.8%) lagomorphs analyzed. The absence of E. hellem
and E. cuniculi infection suggests a low risk of zoonotic foodborne transmission from these wild
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lagomorph species in southern Spain. To the authors’ knowledge, this is the first report of E. intestinalis
infection in wild rabbits and Iberian hares. The presence of E. bieneusi and E. intestinalis in organ
meats from wild lagomorphs can be of public health concern. Additional studies are required to
determine the real prevalence of these parasites in European wild rabbit and Iberian hare.

Keywords: Encephalitozoon intestinalis; E. hellem; E. cuniculi; Enterocytozoon bieneusi;
European wild rabbit; Iberian hare; zoonotic; foodborne

1. Introduction

The European wild rabbit (Oryctolagus cuniculus) and the Iberian hare (Lepus granatensis) are
two endemic species in the Iberian Peninsula. Both lagomorph species play a key role in the
ecology of Mediterranean ecosystems [1,2]. They are the staple prey for a large number of predators,
including endangered species such as the Iberian lynx (Lynx pardinus) and the Spanish imperial
eagle (Aquila adalberti) [3]. These lagomorphs are also among the main small game species in Spain.
About 5.3 million wild rabbits and 890 thousand Iberian hares are harvested annually in this country
and are generally consumed without sanitary inspection since they are intended for small-scale retail
sale or personal consumption [4]. Public health concerns indicate the need for epidemiological studies
on zoonotic diseases affecting wildlife species that are a source of food for humans [5]. In this respect,
the role of wild lagomorphs as reservoirs of zoonotic parasites has been widely documented [6–8].

The phylum Microsporidia comprises more than 1500 obligate intracellular spore-forming
parasites classified as fungi that can infect a wide range of vertebrate and invertebrate hosts through
the fecal–oral route [9]. Among the 17 zoonotic microsporidia species, Enterocytozoon bieneusi,
Encephalitozoon intestinalis, E. hellem, and E. cuniculi are the most common species reported in
humans [10,11]. Microsporidiosis in humans is usually characterized by chronic diarrhea and wasting
syndrome, although keratoconjunctivitis, hepatitis, myositis, kidney and urogenital infection, ascites,
and/or cholangitis have also been reported, particularly in immunocompromised individuals [12].

Foodborne transmission has previously been evidenced as a zoonotic route of microsporidia
infection [13]. In this regard, in European countries, zoonotic microsporidia species have been detected
in the Eastern cottontail rabbit (Sylvilagus floridanus), the European brown hare (Lepus europaeus),
and the European rabbit [14–17]. Even though microsporidia infections in these lagomorph species are
usually asymptomatic, microsporidiosis has been reported in domestic rabbit and European brown
hare, causing neurological and/or renal disorders and even death [17–19]. However, knowledge
about the role of wild lagomorphs in the epidemiology of microsporidia remains scarce [20]. Hence,
the present study aimed to assess the presence of E. bieneusi, E. intestinalis, E. hellem, and E. cuniculi in
organ meats from European wild rabbit and Iberian hare, the most frequent wild lagomorph species
consumed by humans in Spain.

2. Materials and Methods

A cross-sectional study was carried out on wild lagomorphs in Andalusia (southern Spain)
(36◦ N–38◦60′ N, 1◦75′ W–7◦25′ W, 87,268 km2) between July 2015 and December 2018. The sample
size for wild rabbits was calculated assuming a prevalence of 50% (the highest sample size for studies
with unknown prevalence) with a 95% confidence level (95% CI) and a desired precision of ±5% [21],
which gave 384 wild rabbits to be sampled. Whenever possible, a minimum of 49 animals were
sampled in each of the eight provinces of Andalusia in order to detect microsporidia infection with
a 95% probability and an assumed minimum within-province prevalence of 6%. Kidney samples
were collected from 383 wild rabbits in 40 hunting areas (Figure 1). In the same study region and
period, kidney and brain samples were also obtained from 79 Iberian hares in 43 hunting or protected
areas (Figure 1). Sampled animals were necropsied in the field. Samples were placed in sterile bottles
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(25 mL), preserved at 4 ◦C while transported to the laboratory, and stored at −20 ◦C until analysis.
Data on species, age, gender, sampling site, province, and sampling year were gathered from each
wild lagomorph sampled, whenever possible. Data analyses were carried out using the SPSS statistical
software package version 25.0 (IBM Corporation, Somers, NY, USA).

Figure 1. Map of Andalusia (southern Spain) showing the locations of European wild rabbits (dots)
and Iberian hares (triangles) sampled. Green and red symbols indicate negative and positive animals,
respectively, detected in these hunting areas.

This study did not involve purposeful killing of animals. The collection of samples was performed
by personnel of the Epidemiological Surveillance Program in Wildlife of the Government of Andalusia.
Samples were collected from legally hunted animals during the hunting seasons or by passive
surveillance in complete agreement with Andalusian, Spanish, and European regulations. No ethical
approval by an Institutional Animal Care and Use Committee was deemed necessary.

Genomic DNA was extracted from the kidney and brain samples using the G-spin™ total DNA
extraction kit (Intron Biotechnology, Seongnam-Si, Korea), following the manufacturer’s instructions.
PCR amplifications were performed using the GenAmp kit (Perkin-Elmer Cetus, Norwalk, CT, USA)
to detect small-subunit rRNA (SSU rRNA) coding regions of the microsporidia using species-specific
primers previously described (Table 1) in a Gene Amp PCR system 9700 thermocycler (Perkin Elmer).
The final concentration was 0.2 mM of each dNTP, 0.2 μM of each primer, buffer with MgCl2 (1.5 mM),
and 1.25 U of Taq polymerase. Conditions for PCR reactions were as follows: denaturing at 94 ◦C for
30 s followed by 35 cycles of annealing at 45 ◦C for 30 s for E. intestinalis primers or 55 ◦C for 30 s for
the remaining microsporidia species and extension at 72 ◦C for 90 s. PCR products were analyzed by
electrophoresis in 2% agarose gel stained with ethidium bromide and examined under UV light.
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Table 1. Primers used for the detection of Enterocytozoon bieneusi, Encephalitozoon intestinalis,
Encephalitozoon hellem, and Encephalitozoon cuniculi.

Microspodia
Species

Primers Forward Sequence (5′-3′) Reverse Sequence (5′-3′) Obtained
Amplicon Size

Reference

E. bieneusi EBIEF1/EBIER1 GAAACTTGTCCACTCCTTACG CCATGCACCACTCCTGCCATT 607 [22]

E. intestinalis SINTF/SINTR TTTCGAGTGTAAAGGAGTCGA TGCCATGCACTCACAGGCATC 822 [23]

E. hellem EHELF/EHELR TGAGAAGTAAGATGTTTAGCA GTAAAAACACTCTCACACTCA 547 [24]

E. cuniculi ECUNF/ECUNR ATGAGAAGTGATGTGTGTGCG TGCCATGCACTCACAGGCATC 549 [25]

3. Results

Microsporidia infection was detected in 7 of the 462 (1.5%; 95% CI: 0.4–2.6) wild lagomorphs
analyzed. The distribution of prevalence according to species, province, year, age, and sex is shown
in Table 2. Four of the 383 (1.0%; 95% CI: 0.0–2.1) wild rabbits and 3 of the 79 (3.8%; 95% CI: 0.0–8.0)
Iberian hares tested positive for microsporidia infection. Positive animals were found in 7 of 83 (8.4%)
sampling areas and 3 of 8 (37.5%) provinces (Figure 1). E. bieneusi infection was detected in wild
rabbits (3/383; 0.8%; 95% CI: 0.0–1.7) but not in Iberian hares (0/79; 0.0%; 95% CI: 0.0–4.6). E. intestinalis
was confirmed in one wild rabbit (0.3%; 95% CI: 0.0–0.8) and in two brain and one kidney samples
from three Iberian hares (3.8%; 95% CI: 0.0–8.0). Co-infections with E. bieneusi and E. intestinalis were
not observed. None of the 462 (0.0%; 95% CI: 0.0–0.8) wild lagomorphs showed positive results for
E. hellem or E. cuniculi infection in the examined organs.

Table 2. Prevalence of zoonotic microsporidia (Enterocytozoon bieneusi, Encephalitozoon intestinalis,
Encephalitozoon hellem, and Encephalitozoon cuniculi) in organ meats from wild lagomorph species in
Andalusia, southern Spain.

Variable Categories
Prevalence (No. Positives/Overall) †

Microsporidia E. bieneusi E. intestinalis E. hellem E. cuniculi

Species Iberian hare 3.8 (3/79) 0 (0/79) 3.8 (3/79) 0 (0/79) 0 (0/79)
Wild rabbit 1.0 (4/383) 0.8 (3/383) 0.3 (1/383) 0 (0/383) 0 (0/383)

Province Cadiz 0 (0/56) 0 (0/56) 0 (0/56) 0 (0/56) 0 (0/56)
Cordoba 7.0 (3/43) 2.3 (1/43) 4.6 (2/43) 0 (0/43) 0 (0/43)

Jaen 2.4 (2/82) 1.2 (1/82) 1.2 (1/82) 0 (0/82) 0 (0/82)
Almeria 0 (0/52) 0 (0/52) 0 (0/52) 0 (0/52) 0 (0/52)
Malaga 0 (0/67) 0 (0/67) 0 (0/67) 0 (0/67) 0 (0/67)
Seville 3.7 (2/54) 1.8 (1/54) 1.8 (1/54) 0 (0/54) 0 (0/54)

Granada 0 (0/49) 0 (0/49) 0 (0/49) 0 (0/49) 0 (0/49)
Huelva 0 (0/59) 0 (0/59) 0 (0/59) 0 (0/59) 0 (0/59)

Year 2015 1.2 (4/349) 0.9 (3/349) 0.3 (1/349) 0 (0/349) 0 (0/349)
2016 0 (0/1) 0 (0/1) 0 (0/1) 0 (0/1) 0 (0/1)
2017 0 (0/33) 0 (0/33) 0 (0/33) 0 (0/33) 0 (0/33)
2018 3.8 (3/79) 0 (0/79) 3.8 (3/79) 0 (0/79) 0 (0/79)

Age Yearling 5.0 (1/20) 0 (0/20) 5.0 (1/20) 0 (0/20) 0 (0/20)
Subadult 1.6 (1/62) 1.6 (1/62) 0 (0/62) 0 (0/62) 0 (0/62)

Adult 1.1 (4/366) 0.6 (2/366) 0.6 (2/366) 0 (0/366) 0 (0/366)

Sex Female 0.9 (2/235) 0.4 (1/235) 0.4 (1/235) 0 (0/235) 0 (0/235)
Male 1.9 (4/212) 0.9 (2/212) 0.9 (2/212) 0 (0/212) 0 (0/212)

† Prevalences are depicted as percentages. Missing values omitted.

4. Discussion

This is the first large-scale study on zoonotic microsporidia species, including E. bieneusi,
E. intestinalis, E. hellem, and E. cuniculi, in wild rabbits in the Iberian Peninsula and also the first report
of microsporidia infection in Iberian hares worldwide. The presence of E. bieneusi infection in wild

152



Animals 2020, 10, 2218

rabbits is consistent with that previously documented [26] and confirms the susceptibility of European
wild rabbits to this pathogen. E. bieneusi infection has also been detected in farmed rabbits [27–29].
The low prevalence of this parasite detected in organ meats from wild rabbits and the absence of
positivity in Iberian hares suggest that these mammal species could act as a spillover host rather
than a true reservoir of this emerging pathogen. However, additional studies including fecal samples
are required to determine the real prevalence of E. bieneusi in wild lagomorphs in the study area.
In Spanish Mediterranean ecosystems, E. bieneusi infection has been detected in different sympatric
species, including wild boar [30], red foxes (Vulpes vulpes), beech martens (Martes foina), and European
badgers (Meles meles) [11,27], some of which can be predator species of wild lagomorphs. The high
homology between E. bieneusi isolates obtained from humans, wild boar, and wild carnivores provides
evidence of the zoonotic potential of wildlife [11,30]. In this regard, E. bieneusi infection has been
reported in HIV/AIDS patients, organ transplant recipients, and immunocompetent individuals in
Spain [31–33]. Further molecular studies are needed to assess the risk of zoonotic transmission of this
pathogen from wild rabbits.

To the best of our knowledge, this is the first report of E. intestinalis infection in wild rabbits
and Iberian hares, which increases the number of animal species susceptible to this microsporidian
species. There is only one previous report of E. intestinalis infection in wild lagomorphs, particularly
European brown hares [17]. E. intestinalis infection has been reported in humans in several European
countries [34–36]. Even though this parasite has not been detected in humans in Spain so far, and the
frequency of positive organ meat samples detected in the present study was low (0.3% and 3.8% in
wild rabbits and Iberian hares, respectively), our results reveal E. intestinalis circulation in this country
and, therefore, the risk of transmission of these food-borne zoonotic pathogen cannot be ruled out.
Based on the number of animals infected with E. bieneusi or E. intestinalis found in the present study
and hunting bag records for wild lagomorphs [4], around 53,000 wild rabbits and 33,800 Iberian hares
infected with these microsporidia species may be consumed every year in Spain.

E. hellem or E. cuniculi DNA was not found in any of the 383 wild rabbits or 79 Iberian hares
analyzed. These results are consistent with previous studies that also failed to detect these parasites in
feces in wild and domestic rabbits [26–29] and in kidney and brain samples in domestic rabbits [35].
In contrast, DNA of E. hellem was confirmed in the kidneys of a free-living European brown hare with
chronic interstitial nephritis [17]. In addition, E. cuniculi infections have been confirmed in kidney
and brain tissues of free-living Eastern cottontail rabbits [15] as well as in farmed and pet European
rabbits [37,38]. Serological evidence of E. cuniculi exposure has also been detected in wild rabbits in
other European countries, with seroprevalence values ranging between 3.9% in France and 44.7% in
Slovakia [16,39]. The absence of E. cuniculi infection in Iberian hares in our study is in accordance with
previous observations in other hare species [37,40]. Likewise, seroprevalence values found in European
brown hares ranged between 0.0% in Italy and 2.9% in the Czech Republic [14,41]. Further serosurvey
studies are warranted to assess E. hellem and E. cuniculi circulation in the wild lagomorph populations
in Spain.

Our study has some limitations that should be noted. Even though our objective was focused on
assessing the risk of zoonotic foodborne transmission of the selected microsporidia species, fecal or
duodenal tissue could be more appropriate samples for detecting infection of some of these pathogens.
On the other hand, E. intestinalis DNA was detected in brain samples from Iberian hares, whose kidney
tissues tested negative. Unfortunately, brain samples could not be collected from wild rabbits in
the present study. While kidney tissue has been shown to be suitable for detection of microsporidia
infection in wildlife species [42], including lagomorphs [17], previous observations have shown different
sensitivities using brain and kidney samples [15,41,42]. Our results indicate that the prevalence of
E. intestinalis obtained in wild rabbits in the present study, as well as those previously reported in other
species, may be underestimated. To increase the sensitivity of microsporidia detection in organ meat
samples, kidney and brain tissues should be tested in parallel.
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5. Conclusions

The absence of positivity to E. hellem or E. cuniculi denotes a limited role of wild rabbits and Iberian
hares in the zoonotic transmission of these microsporidia species in southern Spain. The detection of
E. bieneusi in wild rabbits and E. intestinalis in both wild lagomorph species could be of public health
concern. Further studies are warranted to elucidate E. bieneusi and E. intestinalis infection levels in
meat and products derived from wild lagomorphs and the risk of transmission of these food-borne
zoonotic pathogens.
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Simple Summary: The arctic fox is the only native terrestrial mammal in Iceland. The population
comprises both “coastal” and “inland” fox ecotypes, with regard to food resources. Because of
the relatively low biodiversity within arctic ecosystems and the involvement of the species in both
marine and terrestrial ecosystems, the Icelandic arctic fox population could serve as sentinels for the
overall ecosystem health of Iceland. After screening the samples from 60 foxes for tick-/vector-borne
pathogens, this study reports the near-absence (very low prevalence) of these pathogens in Icelandic
arctic foxes in 2011–2012. Taking into account the broad range of target microorganisms analyzed
here, as well as the warming climate and increasing presence of the vector Ixodes ricinus in Iceland,
our results will be very useful as baseline data for comparison in future monitoring of the emergence
of ticks and tick-borne diseases in this country.

Abstract: The arctic fox (Vulpes lagopus) is the only native terrestrial mammal in Iceland. While red
foxes (V. vulpes) are known to be epidemiologically important carriers of several vector-borne
pathogens in Europe, arctic foxes have never been evaluated in a similar context on this continent.
This has become especially relevant in the last decade, considering the establishing populations of the
tick species Ixodes ricinus in Iceland. In this study, liver DNA extracts of 60 arctic foxes, hunted between
2011–2012, were molecularly screened for vector-borne protozoan parasites (Trypanosomatidae, Babesia,
Theileria, Hepatozoon) and bacteria (Anaplasma, Ehrlichia, Rickettsia, Borrelia, hemotropic Mycoplasma).
One sample was real-time qPCR positive for Anaplasma phagocytophilum, though this positivity could
not be confirmed with sequencing. Samples were negative for all other tested vector-borne pathogens.
Results of this study indicate that, except for A. phagocytophilum, Icelandic arctic foxes were apparently
“not yet infected” with vector-borne pathogens in 2011–2012, or their infections were “below the
detection limit” of applied methods. Taking into account the broad range of target microorganisms
analyzed here, as well as the warming climate and increasing presence of the vector I. ricinus in
Iceland, our results will be very useful as baseline data for comparison in future monitoring of the
emergence of ticks and tick-borne diseases in this country.
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1. Introduction

The arctic fox (Vulpes lagopus) is a small size (ca. 3–5 kg) generalist predator species with
circumpolar distribution, associated primarily with arctic and tundra habitats. In Iceland, the arctic
fox is the only native terrestrial mammal, divided into coastal and inland ecotypes [1]. While coastal
ecotype foxes mainly feed on sea birds and eggs, invertebrates, and marine mammal carcasses,
the inland foxes feed on ptarmigans, migrating waterfowl, eggs, reindeer and livestock carcasses,
and wood mice [2].

The closest relative of the arctic fox in the Palearctic region is the red fox (V. vulpes), and in
northern countries, these two species show partly overlapping geographical range and niche [3].
The red fox is widespread in Europe and is known to harbor a broad range of pathogens transmitted
by hard ticks (Acari: Ixodidae) and other blood-sucking arthropod vectors [4–6]. This implies that red
foxes participate in the natural transmission cycle of vector-borne pathogens but may also be used as
sentinels for epidemiological surveillance of associated disease risks. On the other hand, a similar
epidemiological role has not been postulated for the arctic fox, most likely because they were not found
to be tick-infested in early studies [7]. However, this scenario may change with the warming climate,
as increasing tick abundance has recently been experienced in Iceland [8].

Eight hard tick species have been reported in Iceland [9], among which Ixodes ricinus has the
highest veterinary-medical importance in Europe [10]. Since the first record of I. ricinus in Iceland,
dating back to 1967, its growing significance has been reported [8,9]. Apart from the import of this tick
species by migratory birds, its host-questing activity on the vegetation is a likely indicator of established
populations [8]. Importantly, arctic foxes are among the possible wildlife reproduction hosts of I. ricinus
(i.e., feeding adults), while rodents, such as wood mice (Apodemus sylvaticus), can support larvae
and nymphs.

Between 2012–2013, vector-borne pathogens were examined in 28 arctic foxes in Canada,
and Bartonella henselae, Mycoplasma haemocanis, and Ehrlichia canis were detected [11]. However,
despite the emergence of I. ricinus in Iceland, arctic foxes have not been screened for vector-borne
pathogens in this country. Thus, the aim of the present study was to screen liver samples of 60 arctic
foxes from Iceland for DNA of vector-borne protozoa (Euglenozoa: Trypanosomatidae; Apicomplexa:
Babesia, Theileria, Hepatozoon) and bacteria (Proteobacteria: Anaplasma, Ehrlichia, Rickettsia, Bartonella;
Spirochaetes: Borrelia; Tenericutes: hemotropic Mycoplasma), with emphasis on tick-borne pathogens.

2. Materials and Methods

All experimental procedures described in the materials and methods section were approved by
the Internal Committee for Ethics and Animal Welfare of the Leibniz Institute for Zoo and Wildlife
Research (permit #2010-01-03). All experiments were carried out in compliance with the approved
guidelines of the Leibniz Institute for Zoo and Wildlife Research and the laws of Germany, Hungary,
and Iceland.

Liver samples of 60 arctic foxes hunted between 2011 and 2012 in various inland and coastal
regions of Iceland were used in this study. Hunting was covered by the government and managed
by The Environmental Agency, under the wildlife act (64/1994) and animal welfare act (55/2013).
Scientific use of the harvest was organized by the Icelandic Institute of Natural History, courtesy of
The Icelandic Ministry for the Environment and Natural Resources. The animals included 40 adults
(23 males, 17 females) and 20 juveniles (11 males, 9 females). Age determination of the arctic foxes
was performed by X-ray measurements based on dental pulp cavity volume and cementum analysis.
Juveniles were defined as younger than 1 year and adults as older than 1 year of age [12]. Carcasses were
stored at −20 ◦C until necropsy was performed.
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During necropsy, approximately 10 g of liver tissue was sampled and then stored at −80 ◦C until
further analysis. The liver was chosen as the target organ, because it contains blood from both the portal
and systemic circulation and is rich in cells of the reticuloendothelial system, i.e., components that are
the most likely to contain the DNA of hemotropic, vector-borne microorganisms. Ectoparasites were
not seen on the foxes post-mortem at the time of sample collection.

DNA was extracted from liver samples, using the NucleoSpin Tissue kit (Macherey-Nagel GmbH,
Düren, Germany), individually from each fox. A total of 100 μL of homogenized tissue was digested
with Proteinase-K overnight at 56 ◦C and prepared as described in the user manual. Quality and quantity
of extracted DNA were assessed by ND-1000 UV-Vis Spectrophotometer (Nanodrop Technologies,
Wilmington, DE, USA) measurements.

All 60 DNA extracts were screened for a broad range of tick-/vector-borne pathogens with PCRs
summarized in the Supplementary Material (Table S1). For Anaplasma phagocytophilum, the assay
consisted of 40 cycles and the results were regarded as positive if the threshold cycle (Ct) value was
below 39. The detection limit of this qPCR was a 0.125 ratio (one-eighths) of an A. phagocytophilum
infected cell [13]. For Sanger sequencing of A. phagocytophilum from the real-time qPCR-positive
sample, two conventional PCRs were attempted, the first by using the msp2 primers and annealing
temperature, as in method “A” (Supplementary Materials, Table S1), and the second to amplify part of
the heat shock chaperonin GroEL gene [14]. The latter PCR was repeated, but no sequenceable product
was obtained.

3. Results and Discussion

Out of 60 samples, one adult female arctic fox from the costal ecotype was positive for
A. phagocytophilum-specific real-time qPCR (Ct = 36.71; sequencing was repeatedly not successful).
In line with this finding, red foxes have been reported to carry A. phagocytophilum DNA in at least
10 European countries [4,5]. Anaplasma phygocytophilum (Rickettsiales: Anaplasmataceae) is the
causative agent of granulocytic anaplasmosis in multiple hosts (including humans) and tick-borne
fever in ruminants [15]. In Europe, A. phagocytophilum is transmitted by I. ricinus, the tick-species
increasingly recognized to affect animals in Iceland [8]. Nevertheless, to the best of our knowledge,
this is the first molecular evidence of A. phagocytophilum in arctic foxes and the first autochthonous
occurrence of this tick-borne species in Iceland. However, since this real-time qPCR positivity for
A. phagocytophilum could not be confirmed with sequencing, probably because of the low amount
of DNA, as reflected by the high Ct value in the more sensitive real-time qPCR, further studies are
needed to verify the presence of this species in arctic foxes in Iceland. Although seropositivity to
A. phagocytophilum has already been reported in humans in Iceland, in the absence of published data
on the autochthonous occurrence of its vector in the country, this finding was explained by exposure
during travel abroad [16].

All 60 samples were negative or contained DNA below the PCR detection limit for other tested
vector-borne pathogens. Taking into account that red foxes are known to harbor a broad range of the
vector-borne protozoa and bacteria targeted here (e.g., in northern Europe [5]; in southern Europe [4,6]),
PCR-negativity of most samples implies that the warming climate of Iceland has not entailed changes
of similar magnitude in the distribution of tick-borne pathogens in 2011–2012, as reported in the same
period from Scandinavia [17]. This is further confirmed by the absence of any ticks on the 60 foxes
analyzed here, as well as on 315 arctic foxes examined in 2015–2016 [8].

Unlike what is shown here, arctic foxes were reported to harbor Bartonella spp., M. haemocanis,
and E. canis in northern Canada [11,18]. However, in the latter case, the majority of positive samples
were flea-borne bartonellae and not tick-borne pathogens. At least three rodent species are known to
occur in Iceland [19], but their mite and flea species are usually not shared with foxes [20]. Despite this,
during prey consumption, the role of temporary infestation of arctic foxes with these non-host
specific ectoparasites, in the transmission of vector-borne pathogens, should not be discounted [18].
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Nevertheless, results of the present study suggest that different spectra of vector-borne bacteria might
emerge in arctic foxes in Iceland compared to Canada.

4. Conclusions

The above results provide baseline data on the near-absence (very low prevalence) of
tick-/vector-borne pathogens in Icelandic arctic foxes in 2011–2012. Already observed and foreseeable
climate changes in Iceland (milder winter, warmer spring and autumn [8]) will most likely promote
multi-focal establishment of I. ricinus and possibly other tick species in this country, with increased
risks of autochthonous transmission of tick-borne pathogens [8]. This warrants continuous monitoring
of emerging vector-borne pathogens in Iceland, similar to all arctic ecosystems. Taking into account the
broad range of target microorganisms analyzed here (for which red foxes are known to be susceptible),
as well as the warming climate and increasing presence of I. ricinus in Iceland, our results will be very
useful as baseline data for comparison in future monitoring of the emergence of ticks and tick-borne
diseases in this country.

Supplementary Materials: The following are available online at http://www.mdpi.com/2076-2615/10/11/2031/s1.
Table S1: Details of the screening methods used in this study, listed according to target groups of vector-borne pathogens.
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