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Preface to ”Frontiers in Protein Folding and Related
Areas – in Memory of Professor Sir Christopher M.
Dobson (1949–2019)”

Protein folding is a fundamental theme in molecular biology. Understanding the molecular

mechanisms of this process has challenged molecular biologists for over half a century. Although

computational methods have now achieved remarkable success in the prediction of native structures,

the underlying principles of the protein folding process have yet to be fully elucidated. In addition,

we still have an incomplete understanding of the components of the protein homeostasis system,

which controls protein folding in the cellular environment. This knowledge is essential, as errors

in protein folding may lead to misfolding and aggregation, a phenomenon closely related to a wide

range of human disorders, including Alzheimer’s and Parkinson’s diseases and type II diabetes.

Professor Chris Dobson was a Director of Research at the University of Cambridge and the John

Humphrey Plummer Professor of Chemical and Structural Biology. He was also the 44th Master of

St John’s College and a Deputy Vice-Chancellor of the University of Cambridge. During his time

as Master of St John’s College, he directed the Quincentenary celebrations of the College in 2011.

In 2012, he co-founded the Centre for Misfolding Diseases, Department of Chemistry, University of

Cambridge with two of the present Editors (T.K. and M.V.) and became its first Director. He started

his academic career as an undergraduate, graduate student and research fellow at the University of

Oxford. He then became an Assistant Professor of Chemistry at Harvard University and a Visiting

Scientist at MIT, before returning to Oxford, where he was a Professor of Chemistry until moving

to Cambridge in 2001. He published more than 800 research papers and review articles, and was

a Fellow of the Royal Society and a Foreign Associate of the US National Academy of Sciences.

He was the recipient of a range of awards for his scientific research work, including the Davy and

Royal Medals of the Royal Society, the Corday Morgan, Interdisciplinary, and Khorana Awards of the

Royal Society of Chemistry, and the Hans Neurath and the Stein and Moore Awards of the Protein

Society. He was also a recipient of the Heineken Prize for Biochemistry and Biophysics from the

Royal Netherlands Academy of Arts and Sciences, and the Feltrinelli International Prize for Medicine

from the Accademia Nazionale dei Lincei in Rome. In 2018, he was knighted in the Queen’s Birthday

Honours for his contributions to Science and Higher Education. He had also been a Distinguished

or Endowed Lecturer at more than 40 universities across the world, as well as giving hundreds of

talks and seminars at universities, research institutes and schools, across the world. Readers are also

referred to the following article by two of the present Editors (T.K. and M.V., Nature Chemical Biology

16, 105 (2020)).

This book is dedicated to the memory of the late Professor Sir Christopher M. Dobson, who

made outstanding contributions to the advancement of studies on protein folding, misfolding, and

aggregation, as well as their links with human diseases, and played an irreplaceable role in the

promotion of protein science.

Kunihiro Kuwajima, Yuko Okamoto, Tuomas Knowles, and Michele Vendruscolo

Editors
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Article

The Pathological G51D Mutation in Alpha-Synuclein
Oligomers Confers Distinct Structural Attributes
and Cellular Toxicity
Catherine K. Xu 1, Marta Castellana-Cruz 1, Serene W. Chen 2, Zhen Du 3, Georg Meisl 1 , Aviad Levin 1,
Benedetta Mannini 1 , Laura S. Itzhaki 3 , Tuomas P. J. Knowles 1,4, Christopher M. Dobson 1,†,
Nunilo Cremades 5,* and Janet R. Kumita 3,*

1 Yusuf Hamied Department of Chemistry, University of Cambridge, Lensfield Road, Cambridge CB2 1EW, UK;
catherine.xu@mpl.mpg.de (C.K.X.); mc2033@cam.ac.uk (M.C.-C.); gm373@cam.ac.uk (G.M.);
al680@cam.ac.uk (A.L.); bm475@cam.ac.uk (B.M.); tpjk2@cam.ac.uk (T.P.J.K.)

2 Department of Life Sciences, South Kensington Campus, Imperial College London, London SW7 2AZ, UK;
weiyan89@gmail.com

3 Department of Pharmacology, University of Cambridge, Tennis Court Road, Cambridge CB2 1PD, UK;
zhen_du2020@163.com (Z.D.); lsi10@cam.ac.uk (L.S.I.)

4 Cavendish Laboratory, Department of Physics, University of Cambridge, JJ Thomson Avenue,
Cambridge CB3 0HE, UK

5 Institute for Biocomputation and Physics of Complex Systems (BIFI), University of Zaragoza,
Mariano Esquillor, Edificio I+D+I, 50018 Zaragoza, Spain

* Correspondence: ncc@unizar.es (N.C.); jrk38@cam.ac.uk (J.R.K.)
† Deceased.

Abstract: A wide variety of oligomeric structures are formed during the aggregation of proteins
associated with neurodegenerative diseases. Such soluble oligomers are believed to be key toxic
species in the related disorders; therefore, identification of the structural determinants of toxicity
is of upmost importance. Here, we analysed toxic oligomers of α-synuclein and its pathological
variants in order to identify structural features that could be related to toxicity and found a novel
structural polymorphism within G51D oligomers. These G51D oligomers can adopt a variety of
β-sheet-rich structures with differing degrees of α-helical content, and the helical structural con-
tent of these oligomers correlates with the level of induced cellular dysfunction in SH-SY5Y cells.
This structure–function relationship observed in α-synuclein oligomers thus presents the α-helical
structure as another potential structural determinant that may be linked with cellular toxicity in
amyloid-related proteins.

Keywords: α-synuclein; toxic oligomers; Parkinson’s disease; familial mutations; α-helical structure

1. Introduction

The misfolding of proteins and their aggregation into amyloid fibrils has been im-
plicated in numerous neurodegenerative disorders, including Parkinson’s disease (PD)
and Alzheimer’s disease (AD) [1]. In PD, aggregates of the 14 kDa protein α-synuclein
are the major component of Lewy bodies and neurites, which emerge as the pathological
hallmarks of the disease. In solution, α-synuclein is intrinsically disordered; however,
upon interaction with membranes, the protein has been observed to adopt an α-helical
structure [2], associated with the functional role of the protein in neuronal cells [3]. In ad-
dition to the random coil to α-helix transition upon membrane binding, α-synuclein can
also adopt a β-sheet structure upon self-assembly into amyloid aggregates, a process in
which membranes might also play a role [4–6]. Oligomeric species with varying degrees
of β-sheet structure are observable in the early stages of aggregation [7]. It is these early
oligomeric species, rather than the mature amyloid fibrils, that are believed to be key toxic
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species in the context of disease [1,8–11]. While a range of mechanisms have been proposed
by which the toxic effect could be mediated, interactions with cell membranes are likely to
be a main contributor to the observed cytotoxicity [12–14].

Duplications and triplications of the WT α-synuclein gene, and a number of single-
point mutations, are associated with familial cases of PD, which present with both earlier
onset and faster progression of the disease [15]. The causative relationship between an
increased load of the protein, which results from the duplication or triplication of the gene,
and earlier onset of the disease is likely to simply be a consequence of the increased aggrega-
tion propensity of α-synuclein due to its increased concentration. By contrast, the aetiology
of the familial cases associated with the pathological variants remains unknown and a
variety of mechanisms and reasons for the connection of these mutations to disease have
been proposed [16–24].

All familial PD-associated mutations identified thus far are located in the N-terminal
region of α-synuclein (Figure S1A) and have been suggested to alter the membrane binding
properties and thus the function of α-synuclein [19,25–34]. However, no clear associations
with protein dysfunction have been established yet. While the A30P and G51D mutations
have been reported to abrogate α-synuclein–membrane interactions, the E46K variant may
enhance membrane binding [25–27,29,32,35]. Furthermore, studies on the in vitro aggrega-
tion kinetics of these α-synuclein variants have yielded conflicting results [15,18–24,36–39].
While the E46K, H50Q, and A53T variants have been found to aggregate more rapidly than
WT, G51D exhibits a lower propensity for aggregation, and A30P appears to be the most
variable in behaviour. Nevertheless, it is clear that aggregation kinetics and membrane
binding are insufficient to explain the link between these mutations and disease.

Given that intermediate oligomeric species are proposed to be a major source of toxicity,
several studies have sought to characterise the effects of familial PD-associated mutations
on α-synuclein oligomers [40–42]. Paslawski et al. used hydrogen/deuterium exchange
mass spectrometry to study oligomers of WT α-synuclein and the A30P, E46K, and A53T
variants, finding very subtle differences between deuterium exchange profiles [43]. Fur-
thermore, through single-molecule FRET (smFRET) experiments on the same variants, the
concentrations of oligomers produced in aggregation reactions were found to be the same
for all variants, indicating that structural differences between variant oligomers are likely
to have a more significant pathological effect than simply levels of oligomers [44]. More-
over, this study also identified differences in the intermolecular FRET efficiencies between
variant oligomers, again demonstrating that these mutations affect oligomer structure.

Detailed structural characterisation of oligomers generated in situ in aggregation
reactions is highly challenging due to their heterogeneous and transient nature, whereas
the use of stable kinetically trapped model systems allows us to obtain in-depth structural
and biological information on the nature of these species [13,43]. Here, we characterise
the effects of familial PD-associated mutations on α-synuclein oligomers, and reveal a
distinct α-helical structural polymorphism within the G51D oligomers that correlates with
increased cellular dysfunction in SH-SY5Y cells.

2. Results and Discussion
2.1. All α-Synuclein Variants Form Oligomers with Similar Size and Morphology

Oligomers from the familial PD-associated α-synuclein variants were successfully
generated using our previously described protocols [45]. The oligomers were characterised
using transmission electron microscopy (TEM), which showed that these variant oligomers
have a similar size and overall morphology to the WT oligomers, being approximately
spherical with a diameter of around 5–15 nm, consistent with dynamic light scattering anal-
ysis, which showed a clear size distinction between those of the monomers and oligomers
(Figure 1, left panels; Figure S2). Detailed investigation of the oligomer size distributions
by analytical ultracentrifugation (AUC) sedimentation velocity analysis and native-PAGE
demonstrated conserved stable sizes for the oligomers, with all variant oligomers, except
for the G51D variant, containing oligomer populations at both 10S and 15S, in different

2
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proportions (Figure 1, right panels; Figure S1B). While the A53T variant contained an
additional population at 19S, and a lowly populated species at 24S, suggesting the presence
of larger aggregate species for this variant, the distribution of G51D oligomers showed just
one major population around 12S, suggesting that there may be interactions that restrict
the preferred sizes of such oligomers.
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produced in all cases, with a roughly spherical shape and 5–15 nm diameter (scale bar = 100 nm).
AUC analysis of variant oligomers (right panels), demonstrating the size distributions of oligomers
within each sample, with the peak at 2S arising due to the residual monomeric protein present in the
oligomeric samples.

2.2. G51D Oligomers Display Marked Structural Differences, including Increased α-Helical
Content and Decreased Surface Hydrophobicity

During the analysis of G51D oligomers, we found that G51D oligomers had a higher
molar extinction coefficient (12,444 M−1 cm−1) than WT oligomers (7000 M−1 cm−1); in all
variants, the oligomer extinction coefficient was higher than that of the monomeric protein
(5600 M−1 cm−1). These differences were determined by comparing the UV-vis absorbance
spectra with protein quantification by the following three complementary methods: amino
acid analysis, bicinchoninic acid assay, and oligomer denaturation followed by SDS-PAGE
to determine the monomer concentration (Figure S3). We further analysed the spectral
properties of the oligomers, finding marked differences between the intrinsic tyrosine
fluorescence spectra of the variants. The monomeric proteins displayed a maximum
fluorescence emission peak at 305 nm, typical of tyrosine (Figure 2A). However, both the
WT and G51D oligomers displayed a maximum emission peak around 345 nm, suggesting
the formation of tyrosinate in the excited state [46,47]. The intensity of this 345 nm peak
is much stronger in G51D oligomers while the tyrosine emission at 305 nm is less intense
compared to WT oligomers, suggesting a stronger stabilisation of the tyrosinate form in the
excited state in the G51D oligomers than in the WT protein, which explains the increased
extinction coefficient observed for G51D oligomers (Figure 2B) [46,47].

α-Synuclein contains 4 tyrosine residues, located at positions 39, 125, 133, and
136 (Figure 2C). The latter three, located in the C-terminus of the protein, are unlikely
to be involved in structural rearrangements as this region remains unstructured in both
the membrane-bound α-helical conformation and the aggregated oligomer and fibrillar
forms [13]. Y39 is thus the only tyrosine residue that is likely to be in a different local
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environment in the monomeric and oligomeric species, so we employed the Y39F variant
to investigate its role in the spectral properties of the oligomers. We compared the circular
dichroism (CD) spectra of the Y39 oligomers to the WT oligomers (Figure 2D), confirming
their similar secondary structure, and then measured the intrinsic fluorescence properties
of the monomeric and oligomeric forms of this variant (Figure 2E,F). As predicted, Y39F
oligomers display tyrosine fluorescence emission at 305 nm and they lack the strong 345 nm
emission that is present in the WT oligomers and accentuated in the G51D oligomers,
suggesting structural differences between the monomeric and oligomeric conformations
in the N-terminal region of the protein, around position 39, which are stronger in the case
of the G51D pathological variant. Overall, these data highlight the structural differences
between G51D oligomers and the oligomers from the other variants.
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Figure 2. (A) Excitation (dotted lines) and fluorescence emission (solid lines) spectra for the
monomeric α-synuclein variants. (B) Excitation (dotted lines) and emission (solid lines) spectra
for the WT (black) and G51D (blue) oligomers. (C) Primary sequence of α-synuclein showing the
location of Y39 and the change from Tyr-to-Phe. (D) CD spectra of the WT (black) and Y39F (pink)
oligomers. (E) Excitation (dotted lines) and emission (solid lines) spectra for the WT (black) and Y39F
(pink) monomers. (F) Excitation (dotted lines) and emission (solid lines) spectra for the WT (black)
and Y39F (pink) oligomers. All spectra are representative of three independent experiments.
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Further analysis of the oligomers by Fourier transform infrared (FTIR) and CD spec-
troscopies revealed that all the oligomers contain a β-sheet structure, intermediate be-
tween that of their respective disordered monomeric and β-sheet-rich fibrillar states
(Figures 3 and 4). The FTIR spectra revealed that all oligomers contain an antiparallel
β-sheet structure, in contrast to the dominant parallel β-sheet structure of the fibrils, as
previously noted [45,48]. Remarkably, for the G51D oligomer preparations, we observed
differing amounts of additional α-helical content by CD spectroscopy, despite all oligomers
being prepared under identical conditions (Figure 4).
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geneity in the G51D oligomer structure. This structural variation was not due to monomer 
modification, for example, by oxidation or the presence of strongly bound metal ions or 
detergents, since oligomers successively produced from the same monomer source 

Figure 3. FTIR spectra of the variant α-synuclein species (solid-line: oligomers; dotted-line:
monomers; dashed-line: fibrils). Peaks around 1695 cm−1 are characteristic of an antiparallel β-sheet
structure, observed only in the oligomeric samples. Monomers display spectra typical of a random
coil structure, whereas fibrils exhibit a significant degree of intermolecular β-sheet structure (peak
around 1625 cm−1), with approximately double the β-sheet content of the oligomeric species.
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Figure 4. Representative (n > 5) CD spectra of the α-synuclein variants (solid line: oligomers; dotted
line: monomers; dashed line: fibrils). All variant oligomers display a β-sheet content intermediate
between that of the respective monomers and fibrils. Several G51D oligomer preparations are shown
indicating the presence of a variable helical content.

We explored the possible experimental factors that may have influenced this hetero-
geneity in the G51D oligomer structure. This structural variation was not due to monomer
modification, for example, by oxidation or the presence of strongly bound metal ions
or detergents, since oligomers successively produced from the same monomer source
yielded different structures (Figure 5A,B). We next investigated the lyophilisation process,

5



Molecules 2022, 27, 1293

during which oligomers are formed [48]. Lyophiliser vacuum pump pressures ranging
between 0.03 and 0.7 mBar led to the formation of oligomers that all contained α-helical
content, indicating that the pump pressure is not sufficient to determine oligomer structure
(Figure 5C). However, the preparation of oligomers on different occasions from aliquots
that were lyophilised together but stored at −20 ◦C for different lengths of time resulted in
oligomers with identical structures, demonstrating that oligomer structure is determined
during lyophilisation (Figure 5D). Despite all the other α-synuclein protein variants being
treated identically, only G51D formed oligomers with significant α-helical content. The dis-
tinct structural polymorphism in G51D oligomers, therefore, appears to arise from inherent
differences in the aggregation process under limited hydration conditions [48].
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spectra in the CD analysis, their corresponding FTIR spectra were comparable. The FTIR 
spectra indicate that all preparations contained a similar β-sheet content, and a similar 
combined content of α-helical and random coil structure. These results suggest that the 
variations in the α-helical content evident by CD are compensated for by concomitant 
changes in the random coil content such that the β-sheet content is largely unchanged, 
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Figure 5. Investigation of the origins of the α-helical content of the G51D oligomers. (A,B) Oligomers
produced from the flow-throughs of previous oligomer preparations do not present the same structure
as the previous oligomers. Two examples are shown comparing the CD spectra of the first oligomers
(solid lines) with the second oligomers (dashed). (C) Lyophiliser vacuum pump pressure does
not dictate oligomer structure. The same monomer purification batch was lyophilised at three
different vacuum pump pressures; all resulting oligomers contained α-helical structure, with no
clear dependence on pressure. (D) Oligomer structure is determined during lyophilisation. Spectra
are shown for three different preparations of lyophilised monomer (red, blue, black). Half of each
batch was prepared immediately after lyophilisation (solid lines) and the other half stored at −20 ◦C
prior to oligomer preparation on a later day (dashed lines). In each case, the structures of oligomers
produced from the same lyophilised monomer stock were almost identical.

Although the different G51D oligomer preparations gave rise to distinctive α-helical
spectra in the CD analysis, their corresponding FTIR spectra were comparable. The FTIR
spectra indicate that all preparations contained a similar β-sheet content, and a similar
combined content of α-helical and random coil structure. These results suggest that the
variations in the α-helical content evident by CD are compensated for by concomitant
changes in the random coil content such that the β-sheet content is largely unchanged,
resulting in similar FTIR spectra. Furthermore, the β-sheet content of the G51D oligomers
was also similar to that of the other variant oligomers (Figure 6C,D) [45]. These results
suggest that the α-helical structure arises from regions that remain disordered in the WT
and other variant oligomers. Despite the differences in the secondary structural content,
no variations in the size and morphology of the helical G51D oligomers were observed
(Figure 6A,B).
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Figure 6. Comparison of G51D oligomers with a varying α-helical content by (A) Native-PAGE
stained with Coomassie blue; (B) TEM image of the G51D oligomers with an increased helical content
(scale bar = 100 nm); representative FTIR (C) and CD (D) spectra of G51D oligomers with increased
α-helicity (solid line) and G51D oligomers with very little α-helical content (dashed line).

2.3. G51D Oligomer Polymorphs with High Helical Content Exhibit the Highest Cytotoxicity

With this set of oligomeric species, we sought to investigate their toxicity towards
cells using the MTT test, an indicator of cellular stress [49]. We previously investigated
the toxicity of WT oligomers to SH-SY5Y cells, and the MTT reduction to 83% (standard
deviation = 8%) reported here is in good agreement with previous studies [50]. Surprisingly,
unlike the A30P, E46K, H50Q, and A53T variant oligomers that showed insignificant MTT
reduction effects under the experimental conditions used, G51D oligomers displayed
significantly higher toxicity than the WT oligomers (Figure 7A).
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Figure 7. (A) Variant oligomer toxicity tested with the MTT assay on SH-SY5Y cells, with error bars
showing the standard error (n ≥ 5) and data for all individual replicates overlaid as points. Due to
the very low concentration yields of G51D oligomers, an additional higher volume PBS control was
required, shown as PBS (G51D). Statistical analysis was run using one-way ANOVA (all variants
except for G51D) or Student’s t-test (G51D only) ** (p ≤ 0.01). (B) Representative ANS fluorescence
emission spectra of variant oligomers (n ≥ 3). (C) MTT reduction as a function of the α-helical
content of G51D oligomers as estimated by far-UV CD spectra deconvolution [51,52]. The fitted linear
relationship between the toxicity and percentage α-helical content in G51D oligomers is shown by the
dotted line (the outlier data point (open circle) was not included in this analysis). (D) Representative
ANS fluorescence emission spectra of WT (black) and G51D oligomers (blue) with different degrees
of α-helical structure.

Oligomer toxicity has been shown to be largely dependent on high surface hydropho-
bicity, proposed to increase oligomer toxicity by increasing the oligomers’ affinity for the
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membrane interior via non-specific hydrophobic interactions, thus facilitating membrane
disruption and cellular dysfunction [53–55]. We therefore investigated if this was a key
factor contributing to the increased toxicity observed for the G51D oligomers by measuring
the interactions of the variant oligomers with 8-anilino-naphthalene sulphate (ANS), a dye
whose fluorescence emission is enhanced upon binding to solvent-exposed hydropho-
bic regions in the proteins [54,56]. Interestingly, whereas A30P, E46K, H50Q, and A53T
oligomers showed similar solvent-accessible hydrophobicity to the WT oligomers, the
oligomers generated by the G51D variant exhibited a significantly reduced hydrophobic
surface (Figure 7B). Based on these studies, it would therefore be expected that G51D would
be the least toxic of all the α-synuclein variants. Furthermore, as all variant oligomers
exhibited the same size range, the previously identified toxicity determinants of small size
and high hydrophobicity were clearly not sufficient to explain the dramatically higher
cytotoxicity of the G51D oligomers [56].

Given that the variation in cellular dysfunction between experiments for the G51D
oligomers was higher than any of the other variants, and the observation that G51D
oligomers can have variable degrees of α-helical content, we probed further whether the
increased variance in the measured cell toxicity may be linked to this observed structural
polymorphism. In order to explore whether the variation in the α-helical content of G51D
oligomers correlates with changes in cellular dysfunction, we characterised structurally
distinct G51D oligomers. By deconvoluting the CD spectra, we were able to estimate the
relative secondary structural content of oligomer preparations [51,52]. These fits reproduced
our experimental data with extremely low residuals, indicating that this is a robust method
for comparatively analysing our spectra (Figure S4). Deconvolution of CD spectra of WT
oligomers suggests that they contain around 11% of α-helical structure, which was not
detected by solid-state NMR analysis [13], indicating that the percentage ofα-helical content
we report here should only be used as a relative quantification between oligomer samples.

Having already observed that the size and morphology of G51D oligomers do not vary
with changes in their secondary structure (Figure 6), we additionally confirmed that prepa-
rations with different degrees of α-helical structure yielded almost identical hydrophobicity
readouts by ANS (Figure 7D). Furthermore, the WT and G51D oligomers were detected by
the A11 antibody (proposed to bind toxic oligomers) with similar affinities (Figure S6) [57].
We thus found that the secondary structure content is the only significant structural and
morphological difference between these G51D oligomer preparations. Even considering
the large variability observed in the MTT assay measurements (Figure 7A), upon testing
the toxicities of these distinct G51D oligomers, we identified a clear trend between an
increased α-helical content and increased cellular dysfunction (Figure 7C). However, no
correlation was observed between the cell toxicity and level of β-sheet or random coil
structures, suggesting that the variations in cellular dysfunction can be primarily attributed
to the changes in the α-helical content (Figure S5). These results thus suggest that α-helical
content constitutes an additional determinant of α-synuclein oligomer toxicity.

Indeed, α-helical content may be particularly significant in the context of the aggrega-
tion and toxicity of α-synuclein, given its propensity to form highly α-helix-rich structures
upon binding to lipids, which is believed to be the first requirement for triggering oligomer-
mediated cell damage [58]. Moreover, α-helical content has previously been observed
during the aggregation of several α-synuclein variants [59,60].

Detailed work on the WT oligomers generated through our methods has identified
the mechanistic features of α-synuclein oligomer-induced membrane disruption: first,
the disordered N-terminal regions of the oligomers were found to act as anchors to the
membrane by folding into α-helices, allowing the structured hydrophobic β-sheet core of
the oligomer to insert into the interior of the lipid bilayer [13]. The membrane anchoring
step, therefore, seems to be critical for the induction of toxicity of α-synuclein oligomers. In
our study, despite the lower hydrophobic nature of the G51D oligomers, we observed an
enhanced cellular toxicity, which is correlated with an increased degree of α-helical struc-
ture, relative to the WT oligomers, which, according to our tyrosinate fluorescence emission
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analysis, is likely to occur in the N-terminal region of the protein, close to residue Y39. This
may suggest that G51D oligomers have a significant pre-formed helical structure in the
N-terminal region of the protein that facilitates more efficient anchoring of the oligomers to
the membranes. This may allow for a more efficient insertion of the hydrophobic β-sheet
core into the lipid bilayer, thus causing membrane disruption, or alternatively, the induction
of other cellular dysfunction mechanisms triggered at the plasmatic membrane level that
do not involve membrane bilayer perturbation. In support of the latter toxicity mechanism,
G51D oligomers have previously been reported to present a much reduced membrane
disruption ability relative to other variants [33]. Regardless of the specific mechanisms
involved, our results indicate that amyloid oligomer toxicity may not be solely determined
by oligomer surface hydrophobicity but is likely to also be dependent on other structural
features of the oligomers.

3. Materials and Methods
3.1. Preparation of Oligomers

Oligomers were prepared as previously described [45]. Briefly, α-synuclein was pu-
rified into PBS [61], and subsequently dialysed against water (4 L) (ON, 4 ◦C). In total,
6 mg aliquots were lyophilised (48 h), followed by resuspension in buffer (500 µL PBS).
The resuspended protein was passed through 0.22 µm filters and incubated (20–24 h, 37 ◦C).
The samples were ultracentrifuged (1 h, 288,000 rcf, 20 ◦C) in a TLA 120.2 rotor, using
an Optima TLX Ultracentrifuge (both Beckman Coulter, High Wycombe, UK) to remove
aggregates and large oligomers. Remaining monomer was removed using a 100 kDa
centrifugation filter (4 × 2 min, 9300 rcf). The flow-through containing predominantly
monomer from the first three passes was kept and reused up to five times. The oligomer
concentration was determined using UV-vis spectroscopy, using molar extinction coeffi-
cients of 7000 M−1 cm−1 for WT, E46K, H50Q, and A53T, and 12,444 M−1 cm−1 for A30P
and G51D, with molar extinction coefficients determined using amino acid analysis and
BCA assays.

3.2. Bicinchoninic Acid Assay

Bicinchoninic acid (BCA) assays were performed using a kit and bovine serum albumin
(BSA) (both Thermo Scientific, Rockford, IL, USA), and carried out in Corning 96 well plates
(3635). In total, 200 µL of working reagent were added to 25 µL of sample, and incubated
at 37 ◦C for 45 min. Following incubation, the absorbance at 562 nm of each sample was
recorded on a FLUOstar Optima plate reader (BMG Labtech, Aylesbury, UK). A standard
curve was generated using concentrations of stock BSA between 0 and 250 µg mL−1, which
was used to determine the protein concentrations in the sample. In order to account for
potential differences in the behaviour of BSA and α-synuclein in the assay, samples were
normalised to a known α-synuclein standard sample.

3.3. ANS Binding

8-Anilino-1-sulfonic acid (ANS) was added to samples (5 µM protein) to a final con-
centration of 250 µM and subsequently incubated (30 min, 20 ◦C). Fluorescence emission
spectra were recorded between 400 and 650 nm with an excitation wavelength of 350 nm,
using a Cary Eclipse Fluorescence spectrophotometer (Agilent, Santa Clara, CA, USA).

3.4. Circular Dichroism Spectroscopy

α-Synuclein far-UV spectra were recorded in a quartz cuvette (1 mm path length), on
a JASCO J-810 equipped with a Peltier thermal-controlled cuvette holder (Jasco (UK) Ltd.,
Dunmow, UK) at 20 ◦C. In total, 15–30 spectra were averaged and recorded between 250 and
200 nm, with a data pitch of 0.5 nm, bandwidth of 1 nm, scanning speed of 50 nm/min,
and response time of 4 s. Spectra were deconvoluted using the BestSel web server [51,52].
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3.5. Dot Blot Analysis

In total, 1 µg of monomer or oligomer was deposited onto a 0.2 µm PVDF membrane
(Millipore (UK) Ltd., West Lothian, UK) and left to dry at room temperature (RT). The mem-
branes were then blocked (5% (w/v) BSA in PBS, 1 h, RT) and subsequently incubated with
A11 or 211 antibody in 5% BSA in PBS (overnight, 4 ◦C) at 1:5000 and 1:2000 dilutions,
respectively. Membranes were washed in PBS + 0.01% Tween-20 (PBST) (3 × 10 min, RT)
then incubated with secondary antibody (Alexa Fluor-488 goat anti-mouse for A11, and
Alexa Fluor-488 goat anti-rabbit for 211, both 1:5000 (Thermo Fisher Scientific, Waltham,
MA, USA)) in PBST (1 h, RT). Following washing in PBST (3 × 10 min, RT), membranes
were imaged on a Typhoon Trio scanner and the images analysed using ImageQuant TL
v2005 (both Amersham Bioscience, Little Chalfont, UK).

3.6. FTIR Spectroscopy

FTIR measurements were performed on a Vertex 70 (Bruker, Billerica, MA, USA), fitted
with a Platinum ATR (Diamond F) (oligomer and fibril measurements) or BioATRCell II
(Bruker, Billerica, MA, USA). A 2–15 µM oligomer sample (2 µL) was deposited onto
the detector and dried, followed by washing with milliQ water. In total, 5 spectra, each
averaged over 128 scans, with atmospheric compensation and background correction, were
recorded per sample. Recorded spectra were baseline corrected in the 1720–1580 cm−1

(amide I) region, and normalised.

3.7. Intrinsic Fluorescence Spectroscopy

Intrinsic fluorescence spectra were recorded on a Cary Eclipse fluorescence spectropho-
tometer. For emission spectra, samples were excited at 276 nm while for excitation spectra,
emission was monitored at 305 nm.

3.8. MTT Cell Viability Assay

Human SH-SY5Y neuroblastoma cells (A.T.C.C., Manassas, VA, USA) were cultured
in 1:1 Dulbecco’s modified Eagle’s medium (DMEM)-F12+GlutaMax supplement (Thermo
Fisher Scientific, Waltham, MA, USA) supplemented with 10% foetal bovine serum. The cells
were maintained in a 5.0% CO2 humidified atmosphere at 37 ◦C and grown to 80% con-
fluence for a maximum of 20 passages. SH-SY5Y cells were plated in a 96-well plate
at a concentration of 10,000 cells/well and treated for 24 h at 37 ◦C with the different
α-synuclein species. After this, the cells were incubated with 0.5 mg/mL MTT 23 (3-(4,5-
dimethylthiazol-2-yl)-2,5-diphenyltetrazolium bromide) in RPMI (Thermo Fisher Scientific,
Waltham, MA, USA) solution at 37 ◦C for 4 h and subsequently lysed with a solution of
20% SDS, 50% N,N-dimethylformamide, pH 4.7 at 37 ◦C for 2 h. Absorbance values of
blue formazan were determined at 590 nm using a Clariostar plate reader (BMG Labtech,
Aylesbury, UK). We further verified that the observed differences in the MTT reduction
between the α-synuclein samples was not due to LPS contamination (Figure S7).

3.9. Native Polyacrylamide Gel Electrophoresis

Samples were mixed with 4X loading buffer and run on NativePAGETM 4–16% Bis-Tris
gels (Thermo Scientific, Rockford, IL, USA), alongside NativeMarkTM Unstained Protein
Standard (Invitrogen by Thermo Fisher Scientific, Carlsbad, CA, USA), for 105 min at 125 V
using NativePAGETM Cathode Buffer Additive and NativePAGETM Running Buffer (both
Novex, Carlsbad, CA, USA). Gels were destained with a mixture of water, ethanol, and
acetic acid (5:4:1 volume ratio).

3.10. Transmission Electron Microscopy

Each sample (10 µM, 10 µL) was adsorbed onto carbon-coated 400 mesh, 3 mm copper
grids (EM Resolutions, Saffron Walden, UK). Once dry, grids were washed (2 × 10 µL
water), followed by staining with 2% (w/v) uranyl acetate, and further washes (2 × 5 µL
water). The samples were imaged on a FEI Tecnai G2 transmission electron microscope
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operating at 80 kV (Cambridge Advanced Imaging Centre (CAIC), University of Cambridge,
Cambridge, UK). Images were analysed using the SIS Megaview II Image Capture system.

4. Conclusions

In conclusion, our findings demonstrate that the structure of stable oligomers formed
from a number of mutational variants (A30P, E46K, A53T, H50Q) are very similar to the
WT protein; however, distinct structural polymorphs are produced from the G51D vari-
ant. Despite the decreased hydrophobicity within the G51D oligomers, they display more
cytotoxicity than the other variant oligomers. Previous extensive experimental work has
established size and hydrophobicity as the key molecular determinants for oligomer toxic-
ity [7,44,56,62]; our results indicate that additional oligomer structure–toxicity relationships
may exist. The ability to study the polymorphic G51D oligomers allowed us to show
that the α-helical content is a good predictor of their cytotoxicity and thus constitutes
an additional structural attribute that correlates with cellular dysfunction. Secondary
structure polymorphism in fibrils has been studied in detail in the context of strains and
toxicity [63–65]. Although the vast majority of such structures consist predominantly of the
canonical amyloid β-sheet structure, recent work has identified the α-helical content as a
key structural element in fibrils of the most toxic member of the phenol-soluble modulin
(PSM) family, with toxicity being clearly linked to this secondary structure element [66,67].
In light of the profound effect of small structural changes on the properties of fibrils, the
significant intrinsic heterogeneity of oligomer structures, in particular our findings of the
G51D oligomers, may be a key determinant of their aggregation propensity and toxicity.

Supplementary Materials: The following supporting information can be downloaded online. Figure S1
(primary structure of α-synuclein and native-PAGE analysis of oligomers); Figure S2 (dynamic light
scattering analysis of variant monomers and oligomers); Figure S3 (assays to confirm extinction
coefficients of oligomer species); Figure S4 (BestSel fitting of experimental CD data); Figure S5
(analysis of the relationship between G51D oligomer secondary structure and MTT reduction);
Figure S6 (dot blot analysis of WT and G51D oligomers with conformational specific antibody A11);
Figure S7 (quantification of LPS in α-synuclein stocks).
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Abstract: 14-3-3 proteins are abundant, intramolecular proteins that play a pivotal role in cellular
signal transduction by interacting with phosphorylated ligands. In addition, they are molecular
chaperones that prevent protein unfolding and aggregation under cellular stress conditions in a
similar manner to the unrelated small heat-shock proteins. In vivo, amyloid β (Aβ) and α-synuclein
(α-syn) form amyloid fibrils in Alzheimer’s and Parkinson’s diseases, respectively, a process that
is intimately linked to the diseases’ progression. The 14-3-3ζ isoform potently inhibited in vitro
fibril formation of the 40-amino acid form of Aβ (Aβ40) but had little effect on α-syn aggregation.
Solution-phase NMR spectroscopy of 15N-labeled Aβ40 and A53T α-syn determined that unlabeled
14-3-3ζ interacted preferentially with hydrophobic regions of Aβ40 (L11-H21 and G29-V40) and α-syn
(V3-K10 and V40-K60). In both proteins, these regions adopt β-strands within the core of the amyloid
fibrils prepared in vitro as well as those isolated from the inclusions of diseased individuals. The
interaction with 14-3-3ζ is transient and occurs at the early stages of the fibrillar aggregation pathway
to maintain the native, monomeric, and unfolded structure of Aβ40 and α-syn. The N-terminal
regions of α-syn interacting with 14-3-3ζ correspond with those that interact with other molecular
chaperones as monitored by in-cell NMR spectroscopy.

Keywords: 14-3-3 proteins; molecular chaperone; amyloid β; α-synuclein; NMR spectroscopy;
amyloid fibril

1. Introduction

Protein aggregation is a characteristic of many diseases, the majority of which are
age-related and neurological. Common examples of protein aggregation diseases (also
known as protein misfolding or protein conformational diseases) include Alzheimer’s
(AD), Parkinson’s (PD), Huntington’s, and Creutzfeldt–Jakob [1,2]. The protein aggregates
or deposits associated with these diseases contain a predominant peptide or protein that, in
the majority of cases, adopts an amyloid fibrillar form. Amyloid fibrils are a highly stable,
aggregated proteinaceous state with the polypeptide arranged mainly in a cross β-sheet
conformation that results in an extended, overall fibrillar structure up to micrometers in
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length [1,2]. The conversion of a protein from its native, functional state to an amyloid
fibril is a multi-step process that usually involves a nucleation-dependent mechanism that
has various intermediate states, including the formation of prefibrillar oligomers that act
as nuclei to sequester and convert natively structured proteins into the fibrillar form. The
prefibrillar oligomers are proposed to be the entities that cause cell toxicity and, hence, are
intimately involved in the disease processes [1,2].

Within and outside cells, protein levels and their conformations are maintained within
a narrow regime to minimize the possibility of protein unfolding, misfolding, and aggre-
gation. The general term for this process is proteostasis, a portmanteau of protein and
homeostasis [3]. The action of molecular chaperone proteins in stabilizing the conformation,
stoichiometry, and interactions of other proteins is one of the major means of maintaining
cellular proteostasis. Under stress conditions such as elevated temperature, the principal
intracellular chaperones that function to prevent protein unfolding and aggregation are the
small heat-shock proteins (sHsps) [4]. Their levels are upregulated many-fold under such
conditions and with aging [4] and in diseases associated with protein aggregation [5,6].
Overall, the ATP-independent action of sHsps is crucially important in cellular well-being
under normal and stress conditions.

In addition to sHsps, other proteins have an sHsp-like chaperone ability that may
supplement or complement that of sHsps. In this context, intracellular 14-3-3 proteins
exhibit chaperone action against a variety of unfolding proteins under stress conditions
such as elevated temperature [7–10]. They are present at high levels in the brain. In
humans, there are seven closely related 14-3-3 proteins. The principal role of 14-3-3 proteins
is their involvement in cellular signal transduction processes via their interaction with
phosphorylated substrate proteins. As such, they function as adapters and participate in a
variety of cellular pathways, including apoptosis, transcription and the stress response [9].
In addition to their intracellular presence, 14-3-3 proteins are found extracellularly, for
example in exosomes and in cerebrospinal fluid of people with neurodegenerative diseases
such as Creutzfeldt–Jakob disease, AD, and multiple sclerosis [11]. 14-3-3 proteins are
dimers composed of subunits of ~28 kDa in mass. Each subunit adopts a predominantly
α-helical conformation with nine α-helices. The dimer is arranged in a double cup-like
shape with two amphipathic binding grooves where phosphorylated ligands bind. The
dimer interface is provided by an interaction between N-terminal helices of each subunit.

The two major neurological diseases associated with protein aggregation and deposi-
tion are AD and PD [1,2]. AD is characterized by the extracellular deposition of plaques
containing mainly variants of the amyloid beta peptide (Aβ) in an amyloid fibrillar form,
along with intracellular neurofibrillary tangles containing mainly the tau protein. The
principal Aβ peptides are 40 and 42 amino acids in length. In PD, Lewy body deposits are
the defining morphological intracellular feature; they are mainly comprised of the protein
α-synuclein (α-syn), also deposited as amyloid fibrils. In AD and PD, other proteins are as-
sociated with these deposits, including sHsps and 14-3-3 proteins [9,12,13]. Their presence
may arise from the utilization by cells of their chaperone ability as an attempt to prevent
the aggregation of Aβ and α-syn to form amyloid fibrils.

In this study, we report on an NMR spectroscopic and biophysical analysis of the
interaction of 14-3-3ζ, a major 14-3-3 isoform, with Aβ, and a similar interaction between
14-3-3ζ and A53T α-syn, a mutant of α-syn associated with familial PD that aggregates
more rapidly than the wild type (WT) protein. The findings have implications for the
in vivo association of these species and their involvement in AD, PD, and other related
diseases of protein aggregation where amyloid fibrillar aggregation occurs.

2. Results and Discussion
2.1. Interaction of 14-3-3ζ with Amyloid β Peptides

Thioflavin T (ThT) is a dye whose fluorescence increases markedly upon binding to
the β-sheet regions of amyloid fibrils, a phenomenon that is routinely utilized to monitor
amyloid fibril formation in peptides and proteins [14]. Figure 1 shows the ThT fluorescence
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profiles for the 40- and 42-amino acid forms of Aβ (Aβ40 and Aβ42, respectively) with
time in the absence and presence of increasing quantities of 14-3-3ζ. The Aβ42 peptide is
more hydrophobic than Aβ40 due to the presence of the additional Ile-Ala dipeptide at its
C-terminus. Consistent with the observation by others [15], Aβ42 aggregates at a much
faster rate (compare Figure 1a,b, noting the very different time scales), without the presence
of a lag phase, compared to Aβ40 which has a very long lag phase of around 33 h under the
conditions used. The protein 14-3-3ζwas much more effective at inhibiting the aggregation
of Aβ40 than Aβ42. Thus, a 1.0:0.5 molar subunit ratio of Aβ40:14-3-3ζ completely inhibited
the former’s aggregation (Figure 1a) whereas a two-molar excess of 14-3-3ζ only partially
reduced fibril formation of Aβ42 (Figure 1b). In separate experiments, Aβ40 that had been
seeded with Aβ40 fibrils aggregated much earlier, i.e., a lag phase of 12 h (Figure S1). An
equimolar ratio of Aβ40:14-3-3ζ significantly delayed the onset of Aβ40 aggregation (lag
phase of 29 h) and partially suppressed its extent of aggregation as monitored by ThT
fluorescence. More pronounced effects on the lag phase and extent of Aβ40 fibril formation
were observed at a 1.0:2.0 molar ratio, with complete inhibition of aggregation occurring at
a 1.0:4.0 molar ratio of Aβ40:14-3-3ζ (Figure S1).
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Figure 1. The molecular chaperone ability of 14-3-3ζ to inhibit amyloid fibril formation of Aβ40 and Aβ42. Amyloid fibril
formation, as monitored by ThT fluorescence, of 15 µM Aβ40 (A) and Aβ42 (B) at 37 ◦C in the absence (black circles)
and presence of 14-3-3ζ at 1.0:0.5 (brown triangles; Aβ40 only), 1:1 (red crosses), and 1:2 (blue diamonds) molar ratios of
Aβ40/Aβ42:14-3-3ζ. Also shown is 14-3-3ζ incubated alone at 30 µM (beige squares). On the right of part (A) are TEM
images of Aβ40 in the absence and presence of 14-3-3ζ at a 1.0:0.5 molar ratio of Aβ40:14-3-3ζ. Samples for TEM imaging
were taken upon completion of the aggregation assay after 150 h of incubation. On the right of part (B) are TEM images of
Aβ42 in the absence and presence of 14-3-3ζ at an equimolar ratio. Each image was acquired from the samples after 200 min.
of incubation. Scale bars in all images represent 1 µm.

Transmission electron microscopy (TEM) images confirmed the conclusions from the
ThT data of Figure 1. In the absence of 14-3-3ζ, both Aβ peptides formed amyloid fibrils,
with Aβ40 fibrils being longer than those of Aβ42 (compare Figure 1a,b). TEM images of
Aβ42 showed agglomerates of fibrils alongside well-separated, distinct fibrillar species
(Figure 1b). In the presence of 14-3-3ζ, the formation of amorphous-like aggregates was
observed for both Aβ peptides, a phenomenon that commonly occurs when fibril-inhibiting
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molecules (large and small) interact with amyloid fibril-forming peptides and proteins
(e.g., [16]). In summary, 14-3-3ζ inhibited the aggregation and fibril formation of Aβ40 at
stoichiometric ratios. By contrast, 14-3-3ζ only partially inhibited the aggregation of Aβ42
at these ratios.

Other studies have examined the in vitro chaperone ability of 14-3-3ζ against amor-
phously aggregating target proteins [7,8,10]. 14-3-3ζ is unlike sHsps as it is not highly
promiscuous in its chaperone ability, i.e., 14-3-3ζ exhibits relatively selective chaperone
ability against aggregating target proteins. However, like sHsps [17–20], 14-3-3ζ is a more
efficient chaperone at inhibiting target proteins that are aggregating slowly and amor-
phously. Thus, target protein aggregation rate (i.e., kinetics) may be the major factor in
determining the greater ability of 14-3-3ζ to inhibit the aggregation of Aβ40 more efficiently
compared to the aggregation of Aβ42. The poorer efficiency of 14-3-3ζ at inhibiting the
amyloid fibril formation of seeded Aβ40 (Figure S1), in which faster aggregation of the
peptide occurred than for unseeded Aβ40 (Figure 1a), is consistent with this conclusion.
Likewise, sHsps are more efficient at inhibiting slowly aggregating amyloid fibril-forming
target proteins such as α-syn [12,21]. According to Mori et al. and Kollmer et al., Aβ40 is
the major secreted form of the Aβ peptides in vivo and is the predominant species present
in AD extracellular plaques [22,23]. The presence of 14-3-3 proteins extracellularly [11],
where Aβ peptides are primarily located, implies that the ability of 14-3-3ζ to inhibit Aβ40
aggregation has physiological significance. Accordingly, the residue-specific interaction
between Aβ40 and 14-3-3ζwas explored by solution-phase NMR spectroscopy.

Figure 2a shows the 1H-15N HSQC spectrum of 15N-labeled Aβ40 at physiological pH
and 5 ◦C, in the absence and presence of unlabeled 14-3-3ζ, at up to a four-molar excess
of the chaperone protein. The NMR experiments were conducted at a low temperature
to negate (or minimize) the possibility that Aβ40 would form amyloid fibrils during the
timeframe of acquisition of the spectra. Thus, the NMR experiments monitored interactions
between Aβ40 and 14-3-3ζ at the earliest stage of Aβ40 amyloid fibril formation.
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ratios of Aβ40:14-3-3ζ relative to Aβ40 alone (orange line). The intensities of the contour levels were corrected for dilution
effects. Error bars represent the standard deviation in background noise of the spectra.

Cross-peaks of Aβ40 are labeled in Figure 2a [24]. Cross-peaks were not observed
for six of the 40 amino acids of Aβ40 (D1, A2, H6, D7, H14 and K28), presumably due to
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broadening associated with intermediate exchange. No change in chemical shifts of the
observed cross-peaks occurred in the presence of 14-3-3ζ, implying weak and transient
interactions and a relatively overall fast exchange between the two species. There was a
non-uniform decrease in the intensity, or broadening, of the Aβ40 cross-peaks across its
amino acid sequence in the presence of increasing concentrations of 14-3-3ζ compared to
the spectrum of Aβ40 on its own (Figure 2b). The decrease in cross-peak intensity was
most marked for Q15 to G25, encompassing the hydrophobic core of the peptide (L17-V18-
F19-F20-A21), and most of the cross-peaks arising from the C-terminal region Aβ40 (G29
to V40), which is also hydrophobic in character. The NMR data imply that these regions
interact with 14-3-3ζ during its chaperone function to inhibit Aβ40 amyloid fibril formation.
As with the chaperone mechanism of the sHsp αB-crystallin in preventing amyloid fibril
formation of Aβ40 [25], the interaction between the 14-3-3ζ and Aβ40 is transient in nature,
which facilitates the potent stoichiometry of 14-3-3ζ in inhibiting Aβ40 aggregation.

The recent determination of the structures of the amyloid fibrillar forms of Aβ peptides
by cryo-electron microscopy (cryoEM) has provided an atomic-level description of the
arrangement of the polypeptide backbone. Of most relevance is the cryoEM structure of
Aβ40 fibrils isolated from the brain tissue of AD patients, post-mortem [23]. From this study,
the four β-strands in the β-sheet fibril core of Aβ40 arise from residues A2-S8, Y10-H13,
Q15-F19, and I32-L34. The latter two β-strands correspond well to the residues whose
cross-peak intensities in the 1H-15N NMR spectrum of Aβ40 are decreased in the presence
of 14-3-3ζ (Figure 2b). They also correspond well to the residues that form the cross β-
sheet core of Aβ, as determined by solid state NMR spectroscopy [26,27]. Furthermore, of
all the Aβ40 cross-peaks in Figure 2b, the intensity of the Q15 cross-peak was decreased
the most (by over 20%) in the presence of a four-molar excess of 14-3-3ζ. Thus, 14-3-3ζ
interacts preferentially with at least part of the Aβ40 peptide that forms its fibril core
and, since it does so with Aβ40 amino acids within and nearby to Q15-F19 and I32-L34,
it is surmised that these two β-strands are potentially the first to assemble during Aβ40
fibril formation. Furthermore, 14-3-3ζ inhibits Aβ40 fibril formation via interfering at the
earliest stage of its aggregation pathway. Again, this mechanism has distinct parallels
with that exhibited by sHsps during their prevention of amyloid fibril formation of a
variety of proteins (summarized in [5,6,28]). Although Aβ-containing amyloid plaques
are extracellular deposits, there is an intracellular component to Aβ aggregation prior to
the peptide’s export into the extracellular medium [29]. Thus, in vivo interaction of Aβ
with 14-3-3ζ intracellularly, along with the other 14-3-3 isoforms and sHsps, may have
physiological importance in modulating Aβ aggregation and maintaining intracellular
proteostasis. Furthermore, the extracellular presence of 14-3-3 proteins [11] would also
provide the opportunity for their interaction with Aβ in this environment.

2.2. Interaction of 14-3-3ζ with α-Synuclein

A53T α-syn is a mutant that aggregates at a faster rate compared to the WT protein
and is associated with familial PD [30]. As monitored by ThT fluorescence, 14-3-3ζ had
minimal ability to inhibit amyloid fibril formation of A53T α-syn at an equimolar ratio
under physiological conditions of over 22 h of co-incubation (Figure S2). In agreement
with this, Plotegher et al. [31] investigated the ability of all seven human 14-3-3 isoforms to
inhibit α-syn fibril formation and found that two of the isoforms (η and τ (also termed θ))
were potent inhibitors of α-syn aggregation, whereas the others, including 14-3-3ζ, were
ineffective. The inability of 14-3-3ζ to decrease A53T α-syn aggregation to any significant
degree at a stoichiometric ratio may be due to the latter protein’s relatively rapid rate of
aggregation, which commences around four hours of incubation compared to 33 h for
the Aβ40 peptide (Figure 1a). The selective nature of 14-3-3ζ chaperone action against
aggregating target proteins is also a factor since only the 14-3-3 η and τ/θ isoforms inhibit
α-syn aggregation [31]. TEM images of A53T α-syn amyloid fibrils formed in the absence
and presence of 14-3-3ζ were of very similar length and morphology, consistent with
the inability of 14-3-3ζ to modify A53T α-syn fibril formation (Figure S2). Atomic force
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microscopic analysis of amyloid fibrils produced from incubated mixtures of α-syn and
14-3-3ζ also showed little difference in fibril morphology compared to that of mature α-syn
amyloid fibrils [31].

A quartz crystal microbalance (QCM) measures the mass change of a surface upon
the addition or removal of molecules as monitored by the change in frequency of a quartz
crystal resonator. QCM was used to monitor the change in mass of WT α-syn preformed
amyloid fibrils attached to the crystal upon flowing solutions of monomeric α-syn, an
equimolar ratio of α-syn:14-3-3ζ and 14-3-3ζ itself over the crystal. The rate of change of
frequency was essentially the same for the addition of α-syn in the absence or presence
of 14-3-3ζ (Figure 3a), indicating that α-syn monomers bound to the α-syn fibrils on the
crystal surface (thus increasing their size and mass), a process that was not affected by
the presence of 14-3-3ζ. 14-3-3ζ did not bind to the α-syn fibrils. Thus, if any interaction
between the two proteins occurs, it does so early along the aggregation pathway of α-syn,
as with the interaction between α-syn and the sHsp, αB-crystallin [32,33]. The dynamic
light scattering (DLS) profiles of WT α-syn and 14-3-3ζwere similar, with hydrodynamic
radii at 37 ◦C and pH 7 of 2.789 ± 0.003 nm for WT α-syn and 2.818 ± 0.003 nm for
14-3-3ζ. The latter value compares well with the literature [8,34]. When both proteins were
mixed together at an equimolar ratio, however, a single peak was observed at the larger
hydrodynamic radius of 3.062 ± 0.001 nm (Figure 3b), implying some association between
the two proteins under physiological conditions.
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Figure 3. (A) QCM traces of the elongation of preformed WT α-syn amyloid fibrils in the presence and absence of 14-3-3ζ.
Preformed amyloid fibrils were attached on to the chip and equilibrated with buffer for 24 h. At approximately 5000 s
intervals, 10 µM WT α-syn monomer (red), 1.0:1.0 molar ratio of α-syn monomer:14-3-3ζ (pink), and 10 µM 14-3-3ζ (blue)
were added. After the addition of each protein sample, the chip was washed with buffer until a plateau in signal was
obtained (white). The rate of frequency change (R) is indicated for when α-syn monomer and a 1.0:1.0 molar ratio of
α-syn:14-3-3ζ were washed over the QCM crystal. (B) DLS of WT α-syn and 14-3-3ζ. DLS profile and hydrodynamic radius
of 20 µM WT α-syn at 25 ◦C in the absence (red dashed line) and presence (pink continuous line) of 14-3-3ζ at a 1.0:1.0 molar
ratio. Also shown is the DLS profile of 20 µM 14-3-3ζ (blue dotted line).

Accordingly, the interaction of α-syn and 14-3-3ζ was investigated by NMR spec-
troscopy at pH 7.4 and 10 ◦C using 15N-labeled A53T α-syn in the presence of unlabeled
14-3-3ζ at 1:1 and 1:2 molar ratios of A53T α-syn:14-3-3ζ. As with the interaction between
Aβ40 and 14-3-3ζ, the NMR experiments were acquired at a low temperature to circumvent
the possibility of fibril formation by A53T α-syn. Figure 4a shows the 1H-15N HSQC NMR
spectrum of A53T α-syn under these conditions. The 1H NH chemical shifts are all con-
tained within the ‘random coil’ chemical shift regime of 7.6 to 8.6 ppm, as expected since
α-syn is a 140-amino acid intrinsically disordered protein of little or no stable secondary
structure. In the presence of unlabeled 14-3-3ζ, no alteration in chemical shifts occurred of
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the α-syn cross-peaks. This was also observed for the 1H-15N HSQC NMR spectrum of
a mixture of α-syn and 14-3-3η [31] and for α-syn interacting with αB-crystallin [32] and
an unrelated molecular chaperone, Hsp70 [35]. The intensities of the cross-peaks in the
HSQC spectra of A53T α-syn in the presence of 14-3-3ζwere measured, and their intensities
relative to those in the spectrum of A53T α-syn only are plotted in Figure 4b. Alteration in
cross-peak intensity was localized to the N-terminus (V3 to K10) and from V40 to K60, and
possibly towards the C-terminus between D121 and D135. Together, these data imply that
the interaction between A53T α-syn and 14-3-3ζ is weak and transient, with fast exchange.
In their NMR studies of the interaction of α-syn with 14-3-3η, Plotegher et al. [31] did not
examine the effects on the intensity of α-syn cross-peaks due to the presence of 14-3-3η. In
contrast to the results presented herein with 14-3-3ζ, 14-3-3ηwas an effective inhibitor of
α-syn amyloid fibril formation [31]. Overall, the results from both studies are consistent
with a transient and weak interaction between the two proteins which, owing to some
subtle structural and mechanistic differences between isoforms, leads to inhibition of α-syn
oligomerization in the presence of 14-3-3η but not 14-3-3ζ.
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(A) Amide region of the 1H-15N HSQC spectrum at 10 ◦C of 15N-labeled A53T α-syn (black) following the addition of one
(green) and two (red) molar equivalents of unlabeled 14-3-3ζ. Assignments are from Dedmon et al. [35]. No change in the
1H and 15N chemical shifts of A53T α-syn occurred upon addition of 14-3-3ζ. (B) The change in the relative intensity of
15N-labeled A53T α-syn cross-peaks in the presence of 14-3-3ζ at 1.0:1.0 and 1.0:2.0 molar ratios, relative to the absence
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nitrogens of 15N-labeled A53T α-syn in the absence (blue) and presence (red), at a 1.0:1.0 molar ratio, of unlabeled 14-3-3ζ.
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The transverse (spin-spin) 15N relaxation rate (R2) of 15N-labeled A53T α-syn cross-
peaks in the absence and presence of a molar equivalent of 14-3-3ζ was determined
(Figure 4c). Interaction between the two proteins, even if transient, will alter (most likely
increase) the R2 values of the residues involved. On average, there was a slight increase in
R2 values for A53T α-syn in the presence of 14-3-3ζ which was concentrated in the first
50 or so amino acids, in agreement with the cross-peak intensity data in Figure 4b, i.e.,
comparison of R2 values in the absence and presence of 14-3-3ζ was consistent with an
interaction between the two proteins that mainly involved the N-terminal region of A53T.

The preferential interaction of the N-terminal region of α-syn with 14-3-3ζ is consistent
with the in vitro and in-cell NMR data of Burmann et al. [36]. 1H-15N HSQC spectra of
15N-labeled α-syn revealed that six molecular chaperones (they did not examine 14-3-3
proteins or sHsps) ‘commonly recognize a canonical motif in α-synuclein, consisting of
the N-terminus (12 residues) and a segment (six residues) around Tyr39’. The interaction
is transient and weak and, inside cells, maintains α-syn in its monomeric, unfolded, and
functional (i.e., non-amyloidogenic) state. The two interacting N-terminal regions of α-syn
are hydrophobic in nature, consistent with the primary role of hydrophobic interactions
in the interaction of molecular chaperones. Mass spectrometric determination of the
interactome of α-syn in mammalian cells revealed that many molecular chaperones are
involved in interacting with α-syn via its N-terminal region, including 14-3-3ζ, along with
three other 14-3-3 isoforms (ε, γ and θ/τ) [36]. Thus, during intracellular proteostasis, a
diversity of molecular chaperones interacts with a common N-terminal interface of α-syn
to prevent its association and amyloid fibril formation.

The association of α-syn and 14-3-3 proteins intra- and extracellularly has been
demonstrated in other studies. Immunoprecipitation and immunoblotting of rat brain
homogenates revealed co-association of α-syn and 14-3-3 proteins [37]. They also noted that
α-syn and 14-3-3 proteins have significant sequence similarity in their N-terminal regions,
i.e., of L8-E61 in α-syn and L44-S99 in 14-3-3ζ which would facilitate their mutual associa-
tion. Wang et al. [38] determined from a cell biological study that the θ/τ isoform of 14-3-3
complexes to α-syn in a chaperone interaction, thereby preventing α-syn oligomerization
and regulating the cell-to-cell transfer of cytotoxic α-syn. As a result, 14-3-3θ/τ reduces
α-syn cell toxicity and, hence, may play an important role in the pathology associated
with PD.

Recently, Doherty et al. [39] identified that the N-terminal regions G36 to S42 and
K45 to E57, particularly the former, are critical for regulating the aggregation of α-syn
in vitro and in the nematode, C. elegans. These regions align well with those that interact
with 14-3-3ζ and are obvious targets for the development of α-syn aggregation inhibitors.
Furthermore, in the cryoEM-derived structure of the amyloid fibril form of a variant
(residues 1 to 121) of α-syn without the last 19 amino acids of its acidic, proline-rich and
unstructured C-terminal region, K43 to K58 is β-strand 3 that forms the interface between
the two protofibrils in the overall fibrillar structure [40]. From cryoEM and solid-state
NMR experiments on full-length fibrillar α-syn, a similar interface is present, but two
different overall morphologies are formed compared to that for 1-121 α-syn, highlighting
the polymorph nature of the protein in its amyloid fibrillar state [41]. Most of the first
37 residues of α-syn are not observed, presumably because they are disordered and mobile
and therefore not part of the fibril core [40]. Thus, 14-3-3 proteins interacting transiently,
in a chaperone manner, with K43 to K58 of A53T α-syn may preclude the formation of
β-strand 3 (and its dimer association) in the earliest stages of α-syn aggregation.

The cryoEM structures of α-syn fibrils (filaments) extracted from inclusions in the
brains of individuals with multiple system atrophy (MSA) are also polymorphic. They
comprise two types of fibrils that each contain two different protofibrils [42]. The MSA
α-syn fibrils are different from those formed in vitro from recombinant α-syn in terms of
the number and arrangement of β-strands. However, the MSA and recombinant α-syn
structures contain a common interface between the protofibrils involving the N-terminal
region of α-syn. For the MSA α-syn protofibrils, this encompasses Q24 to A56 (twice), G36
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to V63 and L38 to T64. Again, these data are consistent with the role of the N-terminal region
in regulating the self-association of α-syn and its interaction with molecular chaperones
such as 14-3-3ζ.

3. Materials and Methods

Reagents. All reagents were of analytical grade and purchased from Sigma-Aldrich
(Australia). Aβ peptides (1–40 and 1–42) were purchased from Bachem Ltd. (Weil am Rhein,
Germany). In situ and ex situ Thioflavin T (ThT) fluorescence measurements were con-
ducted in black, clear bottom 96 microwell plates (Greiner Bio-One, Baden-Württemberg,
Germany) using SealPlate MiniStrips (Astral Scientific, Australia) to prevent evapora-
tion. Uranyl acetate, used for negative staining of samples for TEM, was obtained from
Agar Scientific (Essex, UK). All solutions were prepared using deionized water purified
to a resistivity of 18.2 MΩ·cm and subsequently filtered through a 0.22 µm membrane
(Millipore, Australia).

Protein expression and purification. The 14-3-3ζ and Tobacco Etch Virus (TEV) protease
plasmid constructs were a kind gift from Prof. James Murphy (Walter and Eliza Hall Insti-
tute of Medical Research, Australia) and Prof. Michael Parker (University of Melbourne,
Australia), respectively. The expression plasmids for WT and A53T α-syn were a gift from
Dr Tim Guilliams (University of Cambridge, UK). Recombinant 14-3-3ζ-His6 fusion pro-
teins were expressed and purified as described previously [8,43,44]. Following purification,
cleavage of the His6 tag was achieved using the TEV protease, and the cleavage products
were purified using Ni-NTA column chromatography (Qiagen). WT and A53T α-syn were
expressed and purified using the protocol of Narhi et al. [45]. 15N-labeled α-syn was
prepared as outlined in Dedmon et al. [35]. Recombinant 15N-labeled Aβ peptides (1–40
and 1–42) were prepared by co-expression with an affibody [46]. The purified proteins
were stored at −20 ◦C.

All protein and peptide concentrations were determined via absorbance measurements
at either 276 nm or 280 nm using a Cary 5000 UV-vis spectrophotometer (Varian Ltd.,
Australia). A molar extinction coefficient (ε) of 5600 M−1 cm−1 was used for WT and A53T
α-syn, measured at 276 nm. An ε of 23,860 M−1 cm−1 was used for 14-3-3ζ, measured at
280 nm.

Dynamic Light Scattering of 14-3-3ζ and α-synuclein. For 14-3-3ζ and α-syn alone or at a
1.0:1.0 molar ratio (7.2 µM) in 50 mM phosphate containing 100 mM NaCl and 2 mM EDTA,
pH 7.4, time-resolved DLS analysis was performed at 37 ◦C using a Zetasizer Nano-ZS
(Malvern Instruments, Worcestershire, UK). The particle diameter-intensity distribution
and mean hydrodynamic diameter were determined from 13 acquired correllograms using
the program CONTIN [47] and the method of cumulants [48], respectively, via Dispersion
Technology Software (Malvern Instruments Ltd., Worcestershire, UK).

Transmission Electron Microscopy imaging of amyloid fibrils formed in vitro. An aliquot of
the protein solutions from in situ ThT assays (6 µL) was transferred onto a carbon-coated
nickel transmission electron microscopy (TEM) grid (SPI Supplies, West Chester, PA, USA).
The grid was then washed using filtered MilliQ water (2 × 10 µL) before negative staining
with uranyl acetate solution (8 µL, 2% w/v, in MilliQ). Between each step and after staining,
excess solvent was removed by filter paper. After staining, the grids were left to air dry.
Grids were viewed on a Philips CM 100 Transmission Electron Microscope (Eindhoven,
Netherlands) between 13,500 and 64,000 times magnification operating at 120 kV.

Chaperone assays to monitor the effect of 14-3-3ζ on amyloid fibril formation of amyloid β and
α-synuclein. All in vitro experiments in which amyloid fibrils were formed from Aβ40 and
Aβ42 or A53T α-syn were undertaken at 37 ◦C in 50 mM phosphate, 100 mM NaCl, and pH
7.4. The formation of amyloid fibrils, in the absence or presence of 14-3-3ζ was assessed by
ThT fluorescence (20 µM, excitation 440 nm, emission 490 nm) using a Fluorostar Optima
plate reader (BMG Labtechnologies, Australia).

Aβ40 and Aβ42 were dissolved in ammonium hydroxide (final concentration 3.8 mM)
and then diluted to 500 µM in water and stored at −80 ◦C. Further dilutions were made in
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50 mM phosphate buffer containing 100 mM NaCl, pH 7.4, to achieve final concentrations
for plate reader aggregation assays. The kinetics of Aβ40 and Aβ42 (15 µM, 100 µL) amyloid
fibril formation, in the presence and absence of 14-3-3ζ, were monitored by the change in
ThT fluorescence.

A53T α-syn and 14-3-3ζ solutions were prepared in 50 mM phosphate buffer contain-
ing 100 mM NaCl, pH 7.4. Each sample of either A53T α-syn (70 µM), 14-3-3ζ (70 µM),
or A53T α-syn and 14-3-3ζ (70 µM of each protein) was separated into four Eppendorf
tubes, each containing 500 µL. All samples were then wrapped in aluminium foil, with
air-holes to aid in air circulation and temperature equilibration. They were incubated
at 37 ◦C and shaken at 200 rpm for 24 h. For each protein solution, samples (2 × 5 µL)
were taken every 2 h and added to 96 well plates (Greiner Bio-One, Baden-Wurttemberg,
Germany) containing ThT (20 µM, 60 µL). The ThT fluorescence of each plate was read at
37 ◦C. Samples (8 µL) were also taken at 0, 4, 10, and 21 h for TEM imaging.

Two-dimensional 1H-15N HSQC NMR spectroscopy of 15N-labeled Aβ40 and unlabeled
14-3-3ζ. Samples of 15N-labeled Aβ40 and 14-3-3ζ were prepared separately in 20 mM
phosphate containing 0.5 mM EDTA and 0.02 % w/v NaN3, pH 7.4. All spectra were
recorded at 5 ◦C on a Bruker Avance 500 NMR spectrometer (Bruker, UK) operating at a
magnetic field strength of 11.7 T and a 1H frequency of 500.1 MHz and a 15N frequency
of 50.7 MHz equipped with 1H-15N, 13C, 2H z-gradient TCI cryoprobe. 1H chemical
shifts were referenced to water as per Cavanagh et al. [49]. Data were processed with
NMRPipe [50] and analyzed with Sparky v. 3.112 [51] software.

Gradient-enhanced two-dimensional 1H-15N heteronuclear single quantum coherence
(HSQC) correlation spectra were acquired using water suppression via a Watergate pulse
sequence. Spectra were acquired with 640 and 64 complex points and spectral widths of
5001.324 Hz and 532.180 Hz for the 1H and 15N dimensions, respectively. The carrier was
set on-resonance with water in the 1H dimension and 16 scans were recorded per increment
for 70 µM Aβ40. Up to four molar equivalences of 14-3-3ζ were then added in identical
buffer, and subsequent NMR spectra were acquired with identical parameters. No chemical
shift changes were observed in the HSQC spectra, and intensity changes were calculated
(following correction for dilution), with error bars indicating the standard deviation in
background noise of the spectra.

Two-dimensional 1H-15N HSQC NMR spectroscopy of 15N-labeled A53T α-synuclein and
unlabeled 14-3-3ζ. All NMR spectra were acquired at 10 ◦C on a Bruker Avance III 700 NMR
spectrometer operating at a magnetic field strength of 16.4 T and an 1H frequency of
700.1 MHz and a 15N frequency of 71.0 MHz equipped with a TXI cryoprobe. Data were
processed with NMRPipe [50] and analyzed with Sparky v. 3.112 [51] software using
previously reported assignments [35,52]. 15N A53T α-syn (100 µM) was dissolved in
50 mM sodium phosphate containing 100 µM NaCl (10% D2O, pH 7.4). DSS (4,4-dimethyl-
4-silapentane-1-sulfonic acid, 0.1%) was used as a chemical shift reference [53]. Three
sensitivity-enhanced 1H-15N HSQC spectra were acquired, with 256 increments, a sweep
width of 25 ppm in the indirect dimension, and 4 scans per increment.

15N spin-spin relaxation rates (R2) were determined for relaxation times of 15.8 and
126.7 ms with a Carr-Purcell-Meiboom-Gill (CPMG) frequency of 1 kHz, encoded as a
1H-15N HSQC with 128 increments and 16 scans per increment, with a recycle delay of
2 s. One equivalent of 14-3-3ζwas then added in identical buffer, resulting in final α-syn
and 14-3-3ζ concentrations of 84 µM, and a second set of NMR spectra were acquired with
identical parameters. No chemical shift changes were observed in the HSQC spectra, and
intensity changes were calculated (following correction for dilution) from the mean of the
three spectra, with error bars indicating the standard error of the mean. All A53T α-syn
cross-peak positions were obtained from an independent HSQC experiment to avoid the
introduction of systematic bias that results from coupled measurements of peak position
and intensity.

Quartz Crystal Microbalance of α-synuclein and 14-3-3ζ interaction. QCM experiments
were performed as outlined in Shammas et al. [54].
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4. Conclusions

Solution-phase NMR spectroscopy has provided detailed characterization of the
regions or interfaces of two disease-related, amyloid fibril-forming proteins, Aβ40 and
α-syn, that interact with the molecular chaperone, 14-3-3ζ. For both Aβ40 and α-syn, the
hydrophobic regions that interact with 14-3-3ζ are integral components of the β-sheet
core within the final amyloid fibrillar structures of Aβ40 and α-syn prepared in vitro, and
in vivo samples isolated from diseased individuals. The implication is that 14-3-3ζ interacts
preferentially with these β-strand-forming regions of Aβ40 and α-syn early along their
aggregation pathway and thereby interferes with their propensity to associate and form a
β-sheet as the first step in amyloid fibril formation. In the case of α-syn, the N-terminal
V40 to K60 region that interacts with 14-3-3ζ mainly encompasses the regions that regulate
the protein’s aggregation [39].

As with sHsp chaperone action, intimate details of the mechanism by which 14-3-3
proteins elicit their chaperone action are not known, and neither are the reasons for the
variation in their ability to inhibit the amorphous and fibrillar aggregation of destabilized
peptides and proteins [7,8,10,31]. The chaperone action of 14-3-3ζ probably arises from
at least partial dissociation of the dimer and exposure of the chaperone interaction site(s)
at the dimer interface [44]. The significant variation in 14-3-3ζ chaperone ability (in this
case, fibril formation of the Aβ peptides and A53T α-syn) is due to a combination of factors
that have parallels with the chaperone action of the ten human sHsps [5,6]: (i) slowly
aggregating target peptides or proteins provide the opportunity for 14-3-3ζ to interact
efficiently, for example, via dissociation and exposure of its chaperone binding site(s);
(ii) the nature of the partially folded intermediate state of the target peptide or protein prior
to it forming the prefibrillar aggregate; (iii) the size/dimensions of the target peptide or
protein. The seven 14-3-3 isoforms have different functional roles in vivo, most of which
have not been elucidated. For example, the θ/τ isoform inhibits α-syn oligomerization
and fibril formation [31,38], whereas the other isoforms, apart from η, are ineffective [31].
Furthermore, 14-3-3θ/τ reduces cell-to-cell transfer of α-syn, as occurs in the pathology of
PD [38]. Similar diverse functionality, and some redundancy, occur within sHsps [5,6].

In conclusion, this study has provided insights into the means by which 14-3-3ζ (and,
presumably, other 14-3-3 isoforms) exerts its chaperone action to inhibit amyloid fibril
formation. The conclusions are generally applicable as there are strong parallels between
the results reported herein and the in vitro and in-cell NMR studies of the interaction of
α-syn with other molecular chaperones [36].

Supplementary Materials: The following are available online. Figure S1: Amyloid fibril formation,
as monitored by ThT fluorescence, of seeded Aβ40 (15 µM) in the absence and presence of 14-3-3ζ at
1.0:1.0–4.0 molar ratios of Aβ40:14-3-3ζ, Figure S2: Amyloid fibril formation of A53T α-syn (70 µM)
in the absence of 14-3-3ζ and at a 1.0:1.0 molar ratio of A53T α-syn:14-3-3ζ, as monitored by ThT
fluorescence and TEM.

Author Contributions: Conceptualization, D.M.W., J.A.C., S.E.J., S.M., J.M.W. and C.M.D.; Method-
ology, D.M.W., D.C.T., S.M., C.M.D., S.E.J., J.M.W. and J.A.C.; Validation, D.M.W., D.C.T., S.M. and
J.A.C.; Formal Analysis, D.M.W., S.M., D.C.T. and J.A.C.; Investigation, D.M.W. and S.M.; Resources,
C.M.D., S.E.J. and J.A.C.; Data Curation, D.M.W. and D.C.T.; Writing–Original Draft Preparation,
D.M.W. and J.A.C.; Writing–Review & Editing, D.M.W., J.A.C., S.M., D.C.T., S.E.J. and J.M.W.; Visual-
ization, D.M.W. and D.C.T.; Supervision, J.A.C., S.M. and J.M.W.; Project Administration, J.A.C., S.M.
and J.M.W.; Funding Acquisition, D.M.W., J.A.C., S.E.J. and C.M.D. All authors have read and agreed
to the published version of the manuscript.

Funding: This research was supported by grants from the Australian Research Council and National
Health and Medical Research Council of Australia to J.A.C. Most of this work was conducted in the
laboratories of C.M.D. and S.E.J. during a visit by D.M.W. D.M.W. is grateful for support from an
Australian Postgraduate Award, the Adelaide University Graduate Union-R.C. Heddle Award, the
Australian Federation of University Women, the University of Adelaide Faculty of Health Sciences
Travelling Abroad Fellowship, and the George Murray Scholarship.

25



Molecules 2021, 26, 6120

Institutional Review Board Statement: Not applicable.

Informed Consent Statement: Not applicable.

Data Availability Statement: The data presented in this study are available on request from the
corresponding author.

Conflicts of Interest: The authors declare no conflict of interest. The funders had no role in the design
of the study; in the collection, analyses, or interpretation of data; in the writing of the manuscript, or
in the decision to publish the result.

Sample Availability: Samples of the proteins are not available from the authors.

References
1. Chiti, F.; Dobson, C.M. Protein misfolding, functional amyloid, and human disease. Annu. Rev. Biochem. 2006, 75, 333–366.

[CrossRef]
2. Knowles, T.P.; Vendruscolo, M.; Dobson, C.M. The amyloid state and its association with protein misfolding diseases. Nat. Rev.

Mol. Cell Biol. 2014, 15, 384–396. [CrossRef]
3. Powers, E.T.; Morimoto, R.I.; Dillin, A.; Kelly, J.W.; Balch, W.E. Biological and chemical approaches to diseases of proteostasis

deficiency. Annu. Rev. Biochem. 2009, 78, 959–991. [CrossRef]
4. Walther, D.M.; Kasturi, P.; Zheng, M.; Pinkert, S.; Vecchi, G.; Ciryam, P.; Morimoto, R.I.; Dobson, C.M.; Vendruscolo, M.; Mann,

M.; et al. Widespread proteome remodeling and aggregation in aging C. elegans. Cell 2015, 161, 919–932. [CrossRef]
5. Treweek, T.M.; Meehan, S.; Ecroyd, H.; Carver, J.A. Small heat-shock proteins: Important players in regulating cellular proteostasis.

Cell. Mol. Life Sci. 2015, 72, 429–451. [CrossRef] [PubMed]
6. Hayashi, J.; Carver, J.A. The multifaceted nature of alphaB-crystallin. Cell Stress Chaperones 2020, 25, 639–654. [CrossRef] [PubMed]
7. Yano, M.; Nakamuta, S.; Wu, X.; Okumura, Y.; Kido, H. A novel function of 14-3-3 protein: 14-3-3zeta is a heat-shock-related

molecular chaperone that dissolves thermal-aggregated proteins. Mol. Biol. Cell 2006, 17, 4769–4779. [CrossRef] [PubMed]
8. Williams, D.M.; Ecroyd, H.; Goodwin, K.L.; Dai, H.; Fu, H.; Woodcock, J.M.; Zhang, L.; Carver, J.A. NMR spectroscopy of

14-3-3zeta reveals a flexible C-terminal extension: Differentiation of the chaperone and phosphoserine-binding activities of
14-3-3zeta. Biochem. J. 2011, 437, 493–503. [CrossRef] [PubMed]

9. Pair, F.S.; Yacoubian, T.A. 14-3-3 proteins: Novel pharmacological targets in neurodegenerative diseases. Trends Pharmacol. Sci.
2021, 42, 226–238. [CrossRef]

10. Sluchanko, N.N.; Gusev, N.B. Moonlighting chaperone-like activity of the universal regulatory 14-3-3 proteins. FEBS J. 2017, 284,
1279–1295. [CrossRef]

11. Kaplan, A.; Bueno, M.; Fournier, A.E. Extracellular functions of 14-3-3 adaptor proteins. Cell Signal. 2017, 31, 26–30. [CrossRef]
12. Cox, D.; Carver, J.A.; Ecroyd, H. Preventing alpha-synuclein aggregation: The role of the small heat-shock molecular chaperone

proteins. Biochim. Biophys. Acta 2014, 1842, 1830–1843. [CrossRef]
13. Foote, M.; Zhou, Y. 14-3-3 proteins in neurological disorders. Int. J. Biochem. Mol. Biol. 2012, 3, 152–164. [PubMed]
14. LeVine, H., 3rd. Quantification of beta-sheet amyloid fibril structures with thioflavin T. Methods Enzymool. 1999, 309, 274–284.
15. Jarrett, J.T.; Berger, E.P.; Lansbury, P.T., Jr. The carboxy terminus of the beta amyloid protein is critical for the seeding of amyloid

formation: Implications for the pathogenesis of Alzheimer’s disease. Biochemistry 1993, 32, 4693–4697. [CrossRef] [PubMed]
16. Hudson, S.A.; Ecroyd, H.; Dehle, F.C.; Musgrave, I.F.; Carver, J.A. (−)-Epigallocatechin-3-gallate (EGCG) maintains kappa-casein

in its pre-fibrillar state without redirecting its aggregation pathway. J. Mol. Biol. 2009, 392, 689–700. [CrossRef]
17. Lindner, R.A.; Treweek, T.M.; Carver, J.A. The molecular chaperone alpha-crystallin is in kinetic competition with aggregation to

stabilize a monomeric molten-globule form of alpha-lactalbumin. Biochem. J. 2001, 354, 79–87. [CrossRef]
18. Carver, J.A.; Lindner, R.A.; Lyon, C.; Canet, D.; Hernandez, H.; Dobson, C.M.; Redfield, C. The interaction of the molecular

chaperone alpha-crystallin with unfolding alpha-lactalbumin: A structural and kinetic spectroscopic study. J. Mol. Biol. 2002, 318,
815–827. [CrossRef]

19. Treweek, T.M.; Rekas, A.; Lindner, R.A.; Walker, M.J.; Aquilina, J.A.; Robinson, C.V.; Horwitz, J.; Perng, M.D.; Quinlan, R.A.;
Carver, J.A. R120G alphaB-crystallin promotes the unfolding of reduced alpha-lactalbumin and is inherently unstable. FEBS J.
2005, 272, 711–724. [CrossRef]

20. Kulig, M.; Ecroyd, H. The small heat-shock protein alphaB-crystallin uses different mechanisms of chaperone action to prevent
the amorphous versus fibrillar aggregation of alpha-lactalbumin. Biochem. J. 2012, 448, 343–352. [CrossRef]

21. Cox, D.; Selig, E.; Griffin, M.D.; Carver, J.A.; Ecroyd, H. Small heat-shock proteins prevent alpha-synuclein aggregation via
transient interactions and their efficacy is affected by the rate of aggregation. J. Biol. Chem. 2016, 291, 22618–22629. [CrossRef]

22. Mori, H.; Takio, K.; Ogawara, M.; Selkoe, D.J. Mass spectrometry of purified amyloid beta protein in Alzheimer’s disease. J. Biol.
Chem. 1992, 267, 17082–17086. [CrossRef]

23. Kollmer, M.; Close, W.; Funk, L.; Rasmussen, J.; Bsoul, A.; Schierhorn, A.; Schmidt, M.; Sigurdson, C.J.; Jucker, M.; Fandrich,
M. Cryo-EM structure and polymorphism of Abeta amyloid fibrils purified from Alzheimer’s brain tissue. Nat. Commun. 2019,
10, 4760. [CrossRef]

26



Molecules 2021, 26, 6120

24. Hou, L.; Zagorski, M.G. NMR reveals anomalous copper(II) binding to the amyloid Abeta peptide of Alzheimer’s disease. J. Am.
Chem. Soc. 2006, 128, 9260–9261. [CrossRef] [PubMed]

25. Narayan, P.; Meehan, S.; Carver, J.A.; Wilson, M.R.; Dobson, C.M.; Klenerman, D. Amyloid-beta oligomers are sequestered by
both intracellular and extracellular chaperones. Biochemistry 2012, 51, 9270–9276. [CrossRef]

26. Petkova, A.T.; Ishii, Y.; Balbach, J.J.; Antzutkin, O.N.; Leapman, R.D.; Delaglio, F.; Tycko, R. A structural model for Alzheimer’s
beta-amyloid fibrils based on experimental constraints from solid state NMR. Proc. Natl. Acad. Sci. USA 2002, 99, 16742–16747.
[CrossRef] [PubMed]

27. Paravastu, A.K.; Qahwash, I.; Leapman, R.D.; Meredith, S.C.; Tycko, R. Seeded growth of beta-amyloid fibrils from Alzheimer’s
brain-derived fibrils produces a distinct fibril structure. Proc. Natl. Acad. Sci. USA 2009, 106, 7443–7448. [CrossRef] [PubMed]

28. Carver, J.A.; Ecroyd, H.; Truscott, R.J.W.; Thorn, D.C.; Holt, C. Proteostasis and the regulation of intra- and extracellular protein
aggregation by ATP-independent molecular chaperones: Lens alpha-crystallins and milk caseins. Acc. Chem. Res. 2018, 51,
745–752. [CrossRef] [PubMed]

29. Friedrich, R.P.; Tepper, K.; Ronicke, R.; Soom, M.; Westermann, M.; Reymann, K.; Kaether, C.; Fandrich, M. Mechanism of
amyloid plaque formation suggests an intracellular basis of Abeta pathogenicity. Proc. Natl. Acad. Sci. USA 2010, 107, 1942–1947.
[CrossRef] [PubMed]

30. Conway, K.A.; Harper, J.D.; Lansbury, P.T. Accelerated in vitro fibril formation by a mutant alpha-synuclein linked to early-onset
Parkinson disease. Nat. Med. 1998, 4, 1318–1320. [CrossRef]

31. Plotegher, N.; Kumar, D.; Tessari, I.; Brucale, M.; Munari, F.; Tosatto, L.; Belluzzi, E.; Greggio, E.; Bisaglia, M.; Capaldi, S.; et al. The
chaperone-like protein 14-3-3eta interacts with human alpha-synuclein aggregation intermediates rerouting the amyloidogenic
pathway and reducing alpha-synuclein cellular toxicity. Hum. Mol. Genet. 2014, 23, 5615–5629. [CrossRef] [PubMed]

32. Rekas, A.; Adda, C.G.; Aquilina, J.A.; Barnham, K.J.; Sunde, M.; Galatis, D.; Williamson, N.A.; Masters, C.L.; Anders, R.F.;
Robinson, C.V.; et al. Interaction of the molecular chaperone alphaB-crystallin with alpha-synuclein: Effects on amyloid fibril
formation and chaperone activity. J. Mol. Biol. 2004, 340, 1167–1183. [CrossRef]

33. Rekas, A.; Jankova, L.; Thorn, D.C.; Cappai, R.; Carver, J.A. Monitoring the prevention of amyloid fibril formation by alpha-
crystallin. Temperature dependence and the nature of the aggregating species. FEBS J. 2007, 274, 6290–6304. [CrossRef]

34. Sluchanko, N.N.; Tugaeva, K.V.; Greive, S.J.; Antson, A.A. Chimeric 14-3-3 proteins for unraveling interactions with intrinsically
disordered partners. Sci. Rep. 2017, 7, 12014. [CrossRef] [PubMed]

35. Dedmon, M.M.; Christodoulou, J.; Wilson, M.R.; Dobson, C.M. Heat shock protein 70 inhibits alpha-synuclein fibril formation via
preferential binding to prefibrillar species. J. Biol. Chem. 2005, 280, 14733–14740. [CrossRef] [PubMed]

36. Burmann, B.M.; Gerez, J.A.; Matecko-Burmann, I.; Campioni, S.; Kumari, P.; Ghosh, D.; Mazur, A.; Aspholm, E.E.; Sulskis, D.;
Wawrzyniuk, M.; et al. Regulation of alpha-synuclein by chaperones in mammalian cells. Nature 2020, 577, 127–132. [CrossRef]
[PubMed]

37. Ostrerova, N.; Petrucelli, L.; Farrer, M.; Mehta, N.; Choi, P.; Hardy, J.; Wolozin, B. Alpha-synuclein shares physical and functional
homology with 14-3-3 proteins. J. Neurosci. 1999, 19, 5782–5791. [CrossRef]

38. Wang, B.; Underwood, R.; Kamath, A.; Britain, C.; McFerrin, M.B.; McLean, P.J.; Volpicelli-Daley, L.A.; Whitaker, R.H.; Placzek,
W.J.; Becker, K.; et al. 14-3-3 proteins reduce cell-to-cell transfer and propagation of pathogenic alpha-synuclein. J. Neurosci. 2018,
38, 8211–8232. [CrossRef]

39. Doherty, C.P.A.; Ulamec, S.M.; Maya-Martinez, R.; Good, S.C.; Makepeace, J.; Khan, G.N.; van Oosten-Hawle, P.; Radford, S.E.;
Brockwell, D.J. A short motif in the N-terminal region of alpha-synuclein is critical for both aggregation and function. Nat. Struct.
Mol. Biol. 2020, 27, 249–259. [CrossRef]

40. Guerrero-Ferreira, R.; Taylor, N.M.; Mona, D.; Ringler, P.; Lauer, M.E.; Riek, R.; Britschgi, M.; Stahlberg, H. Cryo-EM structure of
alpha-synuclein fibrils. Elife 2018, 7, e36402. [CrossRef]

41. Guerrero-Ferreira, R.; Taylor, N.M.; Arteni, A.A.; Kumari, P.; Mona, D.; Ringler, P.; Britschgi, M.; Lauer, M.E.; Makky, A.;
Verasdonck, J.; et al. Two new polymorphic structures of human full-length alpha-synuclein fibrils solved by cryo-electron
microscopy. Elife 2019, 8, e48907. [CrossRef]

42. Schweighauser, M.; Shi, Y.; Tarutani, A.; Kametani, F.; Murzin, A.G.; Ghetti, B.; Matsubara, T.; Tomita, T.; Ando, T.; Hasegawa, K.;
et al. Structures of alpha-synuclein filaments from multiple system atrophy. Nature 2020, 585, 464–469. [CrossRef]

43. Woodcock, J.M.; Coolen, C.; Goodwin, K.L.; Baek, D.J.; Bittman, R.; Samuel, M.S.; Pitson, S.M.; Lopez, A.F. Destabilisation of
dimeric 14-3-3 proteins as a novel approach to anti-cancer therapeutics. Oncotarget 2015, 6, 14522–14536. [CrossRef] [PubMed]

44. Woodcock, J.M.; Goodwin, K.L.; Sandow, J.J.; Coolen, C.; Perugini, M.A.; Webb, A.I.; Pitson, S.M.; Lopez, A.F.; Carver, J.A. Role of
salt bridges in the dimer interface of 14-3-3zeta in dimer dynamics, N-terminal alpha-helical order, and molecular chaperone
activity. J. Biol. Chem. 2018, 293, 89–99. [CrossRef] [PubMed]

45. Narhi, L.; Wood, S.J.; Steavenson, S.; Jiang, Y.; Wu, G.M.; Anafi, D.; Kaufman, S.A.; Martin, F.; Sitney, K.; Denis, P.; et al. Both
familial Parkinson’s disease mutations accelerate alpha-synuclein aggregation. J. Biol. Chem. 1999, 274, 9843–9846. [CrossRef]
[PubMed]

46. Macao, B.; Hoyer, W.; Sandberg, A.; Brorsson, A.C.; Dobson, C.M.; Hard, T. Recombinant amyloid beta-peptide production by
coexpression with an affibody ligand. BMC Biotechnol. 2008, 8, 82. [CrossRef] [PubMed]

47. Provencher, S.W. CONTIN: A general purpose constrained regularization program for inverting noisy linear algebraic and
integral equations. Comput. Phys. Commun. 1982, 27, 229–242. [CrossRef]

27



Molecules 2021, 26, 6120

48. Koppel, D.E. Analysis of macromolecular polydispersity in intensity correlation spectroscopy: The method of cumulants. J. Chem.
Phys. 1972, 57, 4814–4820. [CrossRef]

49. Cavanagh, J.; Fairbrother, W.J.; Palmer, A.G.; Rance, M.; Skelton, N.J. Heteronuclear NMR experiments. In Protein NMR
Spectroscopy; Cavanagh, J., Fairbrother, W.J., Palmer, A.G., Rance, M., Skelton, N.J., Eds.; Academic Press: Burlington, MA, USA,
2007; pp. 533–678.

50. Delaglio, F.; Grzesiek, S.; Vuister, G.W.; Zhu, G.; Pfeifer, J.; Bax, A. NMRPipe: A multidimensional spectral processing system
based on UNIX pipes. J. Biomol. NMR 1995, 6, 277–293. [CrossRef]

51. Goddard, T.D.; Kneller, D.G. SPARKY 3; University of California: San Francisco, CA, USA, 2008.
52. Bussell, R., Jr.; Eliezer, D. Residual structure and dynamics in Parkinson’s disease-associated mutants of alpha-synuclein. J. Biol.

Chem. 2001, 276, 45996–46003. [CrossRef]
53. Wishart, D.S.; Bigam, C.G.; Holm, A.; Hodges, R.S.; Sykes, B.D. 1H, 13C and 15N random coil NMR chemical shifts of the common

amino acids. I. Investigations of nearest-neighbor effects. J. Biomol. NMR 1995, 5, 67–81. [CrossRef] [PubMed]
54. Shammas, S.L.; Waudby, C.A.; Wang, S.; Buell, A.K.; Knowles, T.P.; Ecroyd, H.; Welland, M.E.; Carver, J.A.; Dobson, C.M.; Meehan,

S. Binding of the molecular chaperone alphaB-crystallin to Abeta amyloid fibrils inhibits fibril elongation. Biophys. J. 2011, 101,
1681–1689. [CrossRef] [PubMed]

28



Citation: Linse, S. High-Efficiency

Expression and Purification of

DNAJB6b Based on the pH-

Modulation of Solubility and

Denaturant-Modulation of Size.

Molecules 2022, 27, 418. https://

doi.org/10.3390/molecules27020418

Academic Editors: Kunihiro

Kuwajima, Yuko Okamoto,

Tuomas Knowles and

Michele Vendruscolo

Received: 30 November 2021

Accepted: 2 January 2022

Published: 10 January 2022

Publisher’s Note: MDPI stays neutral

with regard to jurisdictional claims in

published maps and institutional affil-

iations.

Copyright: © 2022 by the author.

Licensee MDPI, Basel, Switzerland.

This article is an open access article

distributed under the terms and

conditions of the Creative Commons

Attribution (CC BY) license (https://

creativecommons.org/licenses/by/

4.0/).

molecules

Article

High-Efficiency Expression and Purification of DNAJB6b
Based on the pH-Modulation of Solubility and
Denaturant-Modulation of Size
Sara Linse

Department of Biochemistry and Structural Biology, Lund University, P.O. Box 124, 221 00 Lund, Sweden;
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Abstract: The chaperone DNAJB6b delays amyloid formation by suppressing the nucleation of
amyloid fibrils and increases the solubility of amyloid-prone proteins. These dual effects on kinetics
and equilibrium are related to the unusually high chemical potential of DNAJB6b in solution. As a
consequence, the chaperone alone forms highly polydisperse oligomers, whereas in a mixture with an
amyloid-forming protein or peptide it may form co-aggregates to gain a reduced chemical potential,
thus enabling the amyloid peptide to increase its chemical potential leading to enhanced solubility
of the peptide. Understanding such action at the level of molecular driving forces and detailed
structures requires access to highly pure and sequence homogeneous DNAJB6b with no sequence
extension. We therefore outline here an expression and purification protocol of the protein “as is”
with no tags leading to very high levels of pure protein based on its physicochemical properties,
including size and charge. The versatility of the protocol is demonstrated through the expression
of an isotope labelled protein and seven variants, and the purification of three of these. The activity
of the protein is bench-marked using aggregation assays. Two of the variants are used to produce a
palette of fluorescent DNAJB6b labelled at an engineered N- or C-terminal cysteine.

Keywords: self-assembly; extraction; solubilization

1. Introduction

DNAJB6 belongs to a group of chaperons, also called J-domain proteins or HSP40,
characterized by the presence of a J-domain [1–3]. Two member proteins, DNAJB6b and
DNAJB8, are recognized as potent inhibitors of amyloid formation in vitro and in vivo
by a range of proteins and peptides including IAPP from diabetes type II [4], poly-Q
peptides from Huntington’s disease [1,5–9], α-synuclein from Parkinson’s disease [10–12]
and amyloid β peptide from Alzheimer’s disease [13–15]. While amyloid is recognized as a
generic state that most peptides/proteins or parts thereof may attain under some solution
conditions [16], DNAJB6b and DNAJB8 are thus promiscuous amyloid formation inhibitors
acting on a wide range of proteins.

The current study concerns the 241-residue DNAJB6b isoform, which is found in the
cytosol and nucleus of cells. The DNAJB6a isoform is only found in the nucleus, differs at
10 residue positions in the C-terminal domain, and contains a nuclear localization signal in a
C-terminal extension. Familial mutations in the DNAJB6 gene are connected to limb-girdle
muscular dystrophy [17–19]. As reviewed [20], most of the familial mutations in DNAJB6
are found in the region including amino acids 89–100.

In a solution, depending on the total protein concentration, DNAJB6b may form large
and highly polydisperse oligomers [6]. The three-dimensional structure of the protein
has been studied using nuclear magnetic resonance spectroscopy yielding high-resolution
structural models of the N-terminal J-domain rich in α -helices as well as the C-terminal
domain rich in β-sheet [21]. However, the relative orientation of the two globular domains
remains elusive and is most likely highly variable because the domains are connected by a
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very long linker whose composition is of low complexity. A model for a dimeric form of
DNAJB6b based on covalent cross-linking data has been presented [22].

The current study is motivated by the very potent roles of DNAJB6b as an inhibitor
of amyloid formation and an enhancer of amyloid solubility [14]. The retardation of
amyloid formation is understood as an interaction with pre-fibrillar species hindering
their nucleation into a fibrillar structure [13–15], a mode of action shared with several
anti-amyloid chaperones including, for example, clusterin [23] and HSP70 [24].

The increase in solubility, i.e., the monomer concentration in equilibrium with ag-
gregates of Aβ42, amounts to an impressive factor of ca. 500 in the presence of a 0.1:1
molar ratio of DNAJB6b:Aβ42. This can be reconciled with the formation of co-aggregates
between Aβ42 and DNAJB6b with altered structure compared to pure Aβ42 fibrils [25].
This is a consequence of the second law of thermodynamics; if a molecule is present in
co-existing phases at equilibrium, the chemical potential of the molecule must be the same
in all these phases [26,27]. Thus, if the same peptide, in this case Aβ42, displays a difference
in solubility in samples with a different composition, i.e., the chemical potential of the
free monomer is not the same in these samples, then it follows that the structure of the
aggregates in these samples must be different enough that the chemical potential of the
monomers in the aggregates is altered. The unfavorable increase in the chemical potential
of Aβ42 in the co-aggregates must be compensated by a reduction in the chemical potential
of the chaperone in the co-aggregates relative to pure chaperone assemblies, such that the
free energy of the system as a whole is lowered upon formation of the co-aggregates. This
further implies that the chaperone on its own has a high chemical potential, the molecular
origin of which remains elusive.

Biophysical and structural investigations of DNAJB6b alone and in co-aggregates with
amyloid peptides may enhance our understanding of the molecular driving forces and
structural features behind both the co-assembly process and the unusually high chemical
potential of DNAJB6b. This will require highly pure and homogeneous protein devoid of
tags or other sequence extensions to ensure that the physicochemical properties are not
altered. The most straightforward way to achieve this is to express the proteins “as is” with
their native sequence and to develop a purification protocol based on their physico-chemical
properties, thus eliminating the need for expensive proteases and post-cleavage steps.

Here we develop facile and scalable protocols for the expression and purification of
DNAJB6b “as is”, i.e., devoid of tags or other sequence additions. For the initial isolation
from an E. coli cell pellet, we utilize the large difference in DNAJB6b solubility depending
on the solution pH. For the subsequent purification of the protein, we utilize the large
difference in size depending on the presence of a moderate concentration of denaturant
(1.5–2.0 M GuHCl). Consecutive size-exclusion steps in the presence and absence of denatu-
rant are thus used to remove any remaining large and small contaminants, respectively. The
robustness of the protocol is validated through activity assays and through the expression
and purification of sequence variants, two of which facilitate the production of a palette of
fluorescent DNAJB6b with different excitation and emission wavelengths for spectroscopic
and microscopic studies.

2. Results
2.1. Expression

The protein was expressed in Escherichia coli BL21 DE3 pLysS star “as is”, i.e., with no
tags or sequence extensions, from a synthetic gene with E. coli-preferred codons to yield
the human DNAJB6b protein with the amino acid sequence given in Figure 1A, and the
predicted 3D-structure in Figure 1B. As shown in Figure 1C, the expression level of wt
DNAJB6b is around 1.5 g/L in rich auto-induction medium and only slightly lower in M9
minimal medium used for 13C and 15N labelling.
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tions made in the mutants of this study. (B) Prediction of DNAJB6b wt using Alpha-fold2 [28] with 
the J-domain shown in red, the C-terminal domain in blue, Pro96 in yellow, Ser190, Ser192, Thr193, 
Ser194 and Thr195 in pink. (C) Whole E. coli extract after expression of DNAJB6b wt and mutants in 
rich medium (lane 1, 4, 5, 7, 9, 11, 13 and 15) or M9 minimal medium (lane 2). Lane 1, 2 = wt 
DNAJB6b. Lane 3 = Mw standard with the Mw of the 7 smallest proteins given to the left of lane 1. 
Lane 4 = NCys- DNAJB6b. Lane 5 = CCys- DNAJB6b. Lane 7 = DNAJB6b-ST5A. Lane 9 = DNAJB6b 
-ST18A. Lane 11 = DNAJB6b-ΔST. Lane 13 = DNAJB6b -P96R. Lane 13 = DNAJB6b -T193A. Cell 
pellets from 1 mL were dissolved in 800 µL of 8 M urea, pH 8.0, mixed 1:1 with SDS loading buffer 
and 3 µL loaded per lane. The quantity loaded in each lane thus corresponds to cells from 2 µL 
culture. 
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The purification protocol starts with isolation of the protein from E. coli using re-

peated sonication and centrifugation at pH 6.0, conditions under which the protein forms 
a white precipitate and E. coli proteins are removed in the supernatant (Figure 2). At each 
sonication step, the pellet, after centrifugation, has a white-grey body covered with brown 
matter. The brown matter is scraped off using a spatula and discarded before the next 
round of sonication. After five rounds of sonication at pH 6.0, centrifugation and scraping, 
the pellet is sonicated at pH 8.0, conditions under which DNAJB6 rapidly goes into solu-
tion (Figure 2). Charged contaminants are then removed by passing this final sonicate 
through an anion exchange resin (Q sepharose big beads) and then through a cation ex-
change resin (SP sepharose HP) (Figure 2). 

Figure 1. Expression of DNAJB6b wt and mutants. (A) Sequence of DNAJB6b wt and the
substitutions made in the mutants of this study. (B) Prediction of DNAJB6b wt using Alpha-
fold2 [28] with the J-domain shown in red, the C-terminal domain in blue, Pro96 in yellow,
Ser190, Ser192, Thr193, Ser194 and Thr195 in pink. (C) Whole E. coli extract after expression
of DNAJB6b wt and mutants in rich medium (lane 1, 4, 5, 7, 9, 11, 13 and 15) or M9 minimal
medium (lane 2). Lane 1, 2 = wt DNAJB6b. Lane 3 = Mw standard with the Mw of the 7 small-
est proteins given to the left of lane 1. Lane 4 = NCys- DNAJB6b. Lane 5 = CCys- DNAJB6b.
Lane 7 = DNAJB6b-ST5A. Lane 9 = DNAJB6b -ST18A. Lane 11 = DNAJB6b-∆ST. Lane 13 = DNAJB6b
-P96R. Lane 13 = DNAJB6b -T193A. Cell pellets from 1 mL were dissolved in 800 µL of 8 M urea, pH
8.0, mixed 1:1 with SDS loading buffer and 3 µL loaded per lane. The quantity loaded in each lane
thus corresponds to cells from 2 µL culture.

2.2. Isolation

The purification protocol starts with isolation of the protein from E. coli using repeated
sonication and centrifugation at pH 6.0, conditions under which the protein forms a white
precipitate and E. coli proteins are removed in the supernatant (Figure 2). At each sonication
step, the pellet, after centrifugation, has a white-grey body covered with brown matter.
The brown matter is scraped off using a spatula and discarded before the next round of
sonication. After five rounds of sonication at pH 6.0, centrifugation and scraping, the
pellet is sonicated at pH 8.0, conditions under which DNAJB6 rapidly goes into solution
(Figure 2). Charged contaminants are then removed by passing this final sonicate through
an anion exchange resin (Q sepharose big beads) and then through a cation exchange resin
(SP sepharose HP) (Figure 2).
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Figure 2. Initial isolation of DNAJB6b from E. coli cell pellet. (A) Outline of the isolation steps.
1–5. Sonication in 20 mM MES, pH 6.0 (supernatant after centrifugation). 6. Sonication in 10 mM
Tris/HCL, 1 mM EDTA, pH 8.0. 7. Passage through Q-sepharose big beads. 8. Passage through SP
sepharose HP. (B) SDS PAGE on a 10–20% polyacrylamide gel with lane 1–5 loaded with sonicate
1–5, lane S with Mw standard with sizes given to the right of the gel, lane 6 with sonicate 6, lane 7
with the Q flow-through, and lane 8 with the SP sepharose flow-through. The total time required for
step 1–8 is ca. 2 h. The flow-through of SP sepharose (lane 8) was used for purification of the protein
using ammonium sulphate precipitation and size-exclusion chromatography (see Figure 3).

The total isolation procedure takes ca. 2 h from the removal of the cell pellet from the
freezer to aliquoting the flow-through from the SP sepharose. Using the cell pellet from
0.25 L, the procedure results in a 200 mL solution with a total of ca. 300 mg semi-pure
DNAJB6b, thus corresponding to ca. 1.2 g protein per liter of culture (Table 1).

Table 1. Expression and purification procedure and yield estimation.

Step Amount of DNAJB6b
per Litre Culture

Estimation
Based on

Expression in E. coli 1500 mg/L Gel band intensity

Sonication at pH 6.0, removal of
soluble E. coli proteins and lightly

precipitated ones.
1200 mg/L Gel band intensity

Sonication at pH 8.0 followed by
passage through anion and cation

exchange resins
1200 mg/L Gel band intensity

Ammonium sulphate precipitation to
remove non-protein contaminants
and some contaminating proteins

900 mg/L Gel band intensity

Size exclusion chromatography to
remove large and small contaminants

(two steps)
600 mg/L Absorbance in

2 M GuHCl

2.3. Ammonium Sulphate Precipitation

Further purification is achieved using ammonium sulfate (AMS) precipitation to
remove non-protein contaminants as well as some of the protein contaminants. After
finding the relevant AMS concentration range using small volume samples and SDS PAGE
(Supplementary Figure S1), bulk precipitation was performed for 25 mL aliquots and
brought forward to the next step.

The time consumption for this step is ca. 30 min, and the losses are ca. 25% meaning
that after this step, there remains ca. 900 mg protein per liter of culture.
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2.4. Size Exclusion Chromatography

Size-exclusion chromatography (SEC) was used to remove low and high Mw contami-
nants and to exchange the buffer to the one used in biophysical experiments (Figure 3). The
first SEC step is performed with 2 M GuHCl to favor dissociation of DNAJB6 oligomers
and using a Superdex200 resin (separation range 10–600 kDa) to remove large protein con-
taminants from the AMS precipitate, which was dissolved in 6 M GuHCl prior to injection.
The second SEC step is performed under native conditions and using a Superos6 resin
(separation range 5–5000 kDa) to remove lower Mw contaminants. Based on SDS PAGE
analysis, this combination of SEC steps results in a highly pure protein.
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Figure 3. Purification of DNAJB6b using size exclusion chromatograph. (A) An aliquot from the flow-
through of SP sepharose (see lane 8 in Figure 2) was precipitated by AMS and the 10–21% fraction
dissolved in 10 mL 6 M GuHCl, 20 mM sodium phosphate, 0.2 mM EDTA, pH 8.0 and injected on
a 26/600 Superdex200 column operated in 2 M GuHCl, 20 mM sodium phosphate, 0.2 mM EDTA,
pH 8.0. (B) SDS PAGE of fractions 9–14 on a 10–20% polyacrylamide gel. Fraction 10–13 were
concentrated and injected on a 16/600 Superose6 column. (C) The elution of the 16/600 Superos6
column operated in 20 mM sodium phosphate, 0.2 mM EDTA, pH 8.0. The injected sample was
5 mL of fractions 10–13 from panels A, B lyophilized down to 1/3 of the original volume, i.e., in 6 M
GuHCl, 60 mM sodium phosphate, 0.6 mM EDTA, pH 8.0. (D) SDS PAGE of fractions 8–21 on a
10–20% polyacrylamide gel. In panels A and C, the absorbance at 280 and 214 nm are shown in blue
and purple, respectively. Fractions 11–18 are kept for use in biophysical experiments.

The run time for the two SEC steps is ca. 100 and 80 min, respectively, but with
the intervening lyophilization preferably run overnight. The loss per SEC step is ca.
25% meaning that after these final two steps, the total protocol results in ca. 600 mg ultra-
pure protein per liter of culture (Table 1). The total operation time is ca. 5.5 h, plus the time
required to run SDS PAGE.
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2.5. Concentration Determination

DNAJB6b in solution exists as polydisperse oligomers that scatter light, which compro-
mises concentration determination using absorbance. This is solved by diluting the samples
3:1 with 8 M GuHCl, yielding a 75% solution in 2 M GuHCl (Figure 4). Back-calculation to
100% gives the sample concentration of each fraction. Based on this information, the total
yield after the second SEC step is 600 mg purified protein per liter of culture.

Molecules 2022, 27, x 6 of 13 
 

 

calculation to 100% gives the sample concentration of each fraction. Based on this infor-
mation, the total yield after the second SEC step is 600 mg purified protein per liter of 
culture. 

 
Figure 4. Concentration determination. (A) Absorbance spectra of fractions 13–16 from the elution 
of Superos6 as shown in Figure 3C,D. A small sample from each fraction was mixed 3:1 with 8 M 
GuHCl to bring the samples to 2 M GuHCl, which leads to the dissociation of the large polydisperse 
oligomers. (B) Absorbance spectrum of fraction 14 in buffer (pink), in which case the large polydis-
perse oligomers lead to significant light-scattering prohibiting concentration determination, and in 
2 M GuHCl, which permits absorbance to be used for concentration determination. 

2.6. Robustness of Expression Protocol 
The robustness of the tag-free expression system was evaluated for seven variants 

referred to as NCys with a cysteine residue added at the N-terminus, CCys, with a cyste-
ine residue added at the C-terminus, STA5 with 5 alanine residues replacing Ser190, 
Ser192, Thr193, Ser194, and Thr195, ST18A with 18 different S -> A and T -> A substitu-
tions, ΔST with a large part of the Ser/Thr-rich region deleted, P96R with an Arg residue 
replacing Pro96, and T193A with Thr193 changed to Ala. The amino acid substitutions in 
the variants are given in Figure 1. We find that all seven variants express to very high 
levels, similar to wt, and clearly dominate over all the E. coli proteins in the whole-cell 
extracts (Figure 1C). 

2.7. Robustness of Purification Protocol 
The robustness of purification was evaluated for three variants, NCys, CCys, and 

STA5. STA5 was purified using the same protocol as for wt (Figure S1). NCys and CCys 
(Figure 5) were purified using the same protocol as for wt, except that 1 mM DTT was 
included in all buffers. 

 
Figure 5. Fluorescent DNAJB6b. (A,B) Examples of SDS PAGE after labelling and SEC to remove 
free dye for DNAJB6b-CCys labelled with Alexa-488. (A)The gel imaged on a “dark reader” with 

Figure 4. Concentration determination. (A) Absorbance spectra of fractions 13–16 from the elution of
Superos6 as shown in Figure 3C,D. A small sample from each fraction was mixed 3:1 with 8 M GuHCl
to bring the samples to 2 M GuHCl, which leads to the dissociation of the large polydisperse oligomers.
(B) Absorbance spectrum of fraction 14 in buffer (pink), in which case the large polydisperse oligomers
lead to significant light-scattering prohibiting concentration determination, and in 2 M GuHCl, which
permits absorbance to be used for concentration determination.

2.6. Robustness of Expression Protocol

The robustness of the tag-free expression system was evaluated for seven variants
referred to as NCys with a cysteine residue added at the N-terminus, CCys, with a cysteine
residue added at the C-terminus, STA5 with 5 alanine residues replacing Ser190, Ser192,
Thr193, Ser194, and Thr195, ST18A with 18 different S -> A and T -> A substitutions, ∆ST
with a large part of the Ser/Thr-rich region deleted, P96R with an Arg residue replacing
Pro96, and T193A with Thr193 changed to Ala. The amino acid substitutions in the variants
are given in Figure 1. We find that all seven variants express to very high levels, similar to
wt, and clearly dominate over all the E. coli proteins in the whole-cell extracts (Figure 1C).

2.7. Robustness of Purification Protocol

The robustness of purification was evaluated for three variants, NCys, CCys, and
STA5. STA5 was purified using the same protocol as for wt (Figure S1). NCys and CCys
(Figure 5) were purified using the same protocol as for wt, except that 1 mM DTT was
included in all buffers.
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dye for DNAJB6b-CCys labelled with Alexa-488. (A)The gel imaged on a “dark reader” with blue exci-
tation filter and orange emission filters. (B) The same gel photographed after staining with coomassie
(quick stain). Panel (C) shows fluorescence emission spectra recorded for samples with 1 µM constant
concentration of DNAJB6b-CCys-Alexa-488 and varying concentrations of DNAJB6b-CCys-Alexa-555:
0 (black), 0.25 (marine), 0.5 (blue), 0.75 (light blue), 1.0 (cyan), 1.25 (green), 1.5 (yellow), 1.75 (or-
ange) and 2.0 µM (red). (D) Native gel electrophoresis. Agarose gel imaged on an IR fluorescence
scanner. In each well is loaded 5 nM DNAJB6b-CCys-IR680 mixed with different concentrations of
unlabeled DNAJB6b-wt to yield the following total concentrations of DNAJB6b: 5 nM (lane 1), 9 nM
(2), 13 nM (3), 21 nM (4), 37 nM (5), 69 nM (6), 133 nM (7), 255 nM (8), 505 nM (9), 1.0 µM (10), 2.0 µM
(11), 4.0 µM (12), 8.0 µM (13), 16.0 µM (14), 32 µM (15). The gel is oriented with the positive pole at
the top of the image and the negative pole at the bottom.

2.8. Activity of the Purified Protein

The activity of the DNAJB6b protein was investigated by monitoring the fibril forma-
tion of Aβ42 by ThT fluorescence in the absence and presence of the purified DNAJB6b wt
or STA5 at a series of concentrations (Figure 6). The wt protein is a very potent inhibitor
of Aβ42 aggregation, and we observe a substantial delay of the sigmoidal transition from
0.0005:1 molar ratio of DNAJB6b:Aβ42 and upwards. The data are well fitted by a model
that includes primary nucleation, elongation, and secondary nucleation, keeping the rate
constants for elongation and secondary nucleation as global parameters and the rate con-
stants for primary nucleation as a local parameter specific to each DNAJB6b concentration
(see solid lines in Figure 6). Inhibition of primary nucleation can thus explain all the data
obtained in the presence of DNAJB6b. The data for the DNAJB6b-STA5 mutant are also
well fitted assuming inhibition of primary nucleation, but the variant appears less effective
than the wt (Figure 6). These findings are in agreement with those of earlier reports [13,14].
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fibril formation of 4 µM Aβ42 by ThT fluorescence in the absence (black) and presence (colors) of
DNAJB6b-wt (A) or DNAJB6b-STA5 (B) at concentrations ranging from 2 to 150 nM, i.e., at molar
ratios ranging from 0.0005 to 0.0375. The solid lines show fitted curves assuming inhibition of primary
nucleation. The half times of aggregation as extracted from the data in panels A and B are shown as
averages and standard deviations over 4 replicates for DNAJB6b-wt (black) and DNAJB6b-STA5 (red)
with linear (C) and logarithmic (D) axes.

2.9. Fluorophore Labelling

Each of the cysteine containing constructs was labelled with a palette of fluorophores
including Alexa488, Alexa555, Alexa647, and IRdye-680. DTT was first removed using SEC
and maleimide dyes were added from stocks in DMSO, followed by a second SEC step to
isolate the labelled protein and to remove the excess free dye (Figure 5).

2.10. Polydispersity

Depending on the total protein concentration, DNAJB6b may form large and highly
polydisperse aggregates in solution [6]. This is evident from the SEC under non-denaturing
conditions, in which case DNAJB6b elutes as a very broad peak from a superos6. This is
also evident from native electrophoresis in an agarose gel of IR680-labelled DBAJB6b at
a constant concentration of 5 nM with a variable concentration of unlabelled DBAJB6b
(Figure 5).

3. Discussion

The results of the current study show that E. coli cells are highly tolerant to DNAJB6b
expression. In the whole-cell extracts (Figure 1), the overexpressed chaperone clearly
dominates over all the E. coli proteins, and this is observed for DNAJB6b wt as well as all
seven mutants tested. This provides a very good starting state for isolation and purification
of the proteins and relies on the use of synthetic genes with E. coli optimized codons in the
expression plasmids on the DNAJB6b protein causing no impairment of E. coli growth.

Studies of protein biophysical properties require highly pure protein devoid of tags
or other sequence extensions. The main advantage of the current expression protocol is
that the production of tag-free proteins makes the following isolation and purification
straightforward. No expensive proteases or post-cleavage steps are needed. Instead, the
protocol is built on the physico-chemical properties of the protein in terms of charge and
size and the modulation of these properties by pH and denaturant, respectively. We have
expressed the protein “as is” with its native sequence and developed a purification protocol
based on its physico-chemical properties.

In the initial isolation of the protein from E. coli cell pellet (Figure 2), we utilize the
large difference in DNAJB6b solubility depending on pH. Intriguingly, DNAJB6b is highly
soluble in the form of polydisperse oligomers at pH 8.0 and displays a minimum solubility
around pH 6.0, although the isoelectric point is 7.3 if calculated from its amino acid sequence
using model pKa values ([29]; Figure 7A). Precipitation at pH 6.0 likely results from titration
of the N-terminal domain and the linker, because the C-terminal domain (residues 187-241)
displays constant positive net charge at around +2 between pH 8.0 and 6.0 (Figure 7B). The
net charge of the N-terminal domain changes from ca. +1.2 at pH 8.0 to ca. +3.6 at pH 6.0,
while that of the linker changes from ca. −4.0 to −2.5 (Figure 7B). The low solubility at pH
6.0 allows the initial isolation protocol to use repeated sonication at pH 6.0 and removal of
soluble E. coli proteins by decanting the supernatant over the precipitate and by removal
of the less dense precipitate by scraping away brown matter from the top of the white
DNAJB6b pellet. This scraping procedure sacrifices yield for purity, but the final yield is
very high anyway given the extreme expression level and for the subsequent biophysical
studies it is much more important to focus on achieving as high purity as possible. The
isolation procedure ends with solubilization of the protein through sonication at pH 8.0
and removal of charged contaminants through stepwise passage of the sonicate through
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anion and cation exchange resins. Here, it is fortuitous that DNAJB6b carries such a low
net negative charge of ca. −0.8 that it is not retained by anion nor cation exchange resins.
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Because DNAJB6 forms highly polydisperse oligomers, it elutes very broadly during
size exclusion chromatography and is difficult to separate from impurities of all sizes
except possibly those smaller than the DNAJB6b monomer. To circumvent this problem,
we used a first SEC step in the presence of enough denaturant that the oligomers dissociate
and DNAJB6b elutes as a relatively narrow peak on a Superdex200 column relatively late
in the chromatogram meaning high Mw protein contaminants are removed by this step.
This first SEC step was preceded by ammonium sulphate (AMS) precipitation to remove
non-protein contaminants as well as some protein contaminants. The second SEC step on a
superos6 column serves to exchange the buffer to the one used in the following biophysical
experiments and to remove any remaining small proteins. In this step, the protein is injected
denatured in 6 M GuHCl but folds and oligomerizes as it elutes ahead of the denaturant.

The result is highly pure DNAJB6b amenable for detailed studies of its biophysical
properties, such as structure and dynamics, stability, polydispersity, exchange rates, etc.
aiming at an understanding of the molecular origin of its unusually high chemical po-
tential [26] and the driving force for its co-assembly with amyloid peptides. The ease of
adaption to mutational and sequence length variants is another advantage of the protocol.
NCys and CCys were produced to enable site-specific covalent attachment of fluorophores
or nanogod labels to either terminus using maleimide chemistry. Although fluorophores
should be used with care as an appendix the size of 7–10 residues with mixed non-polar
and charged character is added to the protein under study, the possibility of including a
small fraction of labelled DNAJB6b will enable the study of the biophysical properties of
mostly unlabelled oligomers. STA5 and STA18 were chosen based on earlier work showing
reduced inhibitory capacity [14]. ∆ST was chosen based on earlier work showing reduced
polydispersity and a larger fraction of monomeric protein for this variant [21]. P96R and
T193A were based on the disease association of these mutants [20].

4. Methods
4.1. Gene Synthesis and Cloning

The protein was expressed in Escherichia coli BL21 DE3 PlyS star “as is”, i.e., with no
tags or sequence extensions, from a synthetic gene with E. coli-preferred codons to yield
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the human DNAJB6b wt protein with the amino acid sequence as shown in Figure 1, as
well as seven variants. The genes were cloned between NdeI and BamHI restriction sites in
a Pet3a vector. The gene synthesis and cloning were purchased from Genscipt (Piscataway,
NJ, USA).

4.2. Expression in Rich Medium

The plasmid was transformed into Ca2+ competent E. coli BL21 DE3 PLysS Star and
spread on LB-agar plates with 50 mg/L ampicillin and 30 mg/L chloramphenicol. Single
small and well-isolated colonies were used to inoculate 50 mL LB cultures with 50 mg/L
ampicillin and 30 mg/L chloramphenicol, which were grown at 37 ◦C in 250 mL baffled
flasks with 125 rpm orbital shaking for 8 h. The OD at 600 nm was measured and the
equivalent of 0.5 mL at OD600 = 0.8 was transferred to 500 mL pre-warmed (37 ◦C)
overnight express medium. One liter of medium was prepared mixing the following
separately autoclaved solutions: (a) 1 mL 1 M MgSO4, (b) 50 mL“20 × 5052”: 5 g glycerol,
0.5 g glucose, 2 g α-lactose, 44.6 mL H2O, (c) 50 mL “20 × NPS”: 3.3 g (NH4)2SO4, 6.8 g
KH2PO4, 7.1 g Na2HPO4, 45 mL H2O, and (d) 900 mL “1.1 × LB”: 10 g BactoTM tryptone,
5 g BactoTM yeast extract, 10 g, H2O up to 900 mL, and adding 50 mg/L ampicillin and
30 mg/L chloramphenicol from concentrated stocks. The overnight express cultures were
grown in 2500 mL baffled flasks with 125 rpm orbital shaking for 15 h, after which the cells
were harvested by centrifugation at 6000 rpm for 10 min in a JLA 8.1000 rotor.

4.3. Expression in M9 Minimal Medium with Isotope Labels

The plasmid was transformed into Ca2+ competent E. coli BL21 DE3 PLysS Star and
spread on LB-agar plates with 50 mg/L ampicillin and 30 mg/L chloramphenicol. Single
small and well-isolated colonies were used to inoculate 50 mL LB cultures with 50 mg/L
ampicillin and 30 mg/L chloramphenicol, which were grown at 37 ◦C in 250 mL baffled
flasks with 125 rpm orbital shaking for 14 h. 3 mL was transferred to 500 mL pre-warmed
(37 ◦C) M9 medium. One liter of medium was prepared by mixing the following separately
autoclaved solutions: (a) 980 mL M9 salt solution: 4.65 g Na2HPO4·2H2O, 3 g KH2PO4,
0.5 g NaCl, tap water up to 980 mL. (b) 10 mL of 200 g/L 13C-glucose, (c) 10 mL of 100 g/L
15NH4Cl, (d) 1 mL 1 M MgSO4, (e) 0.4 mL of 250 mM CaCl2 and the following sterile
filtered solutions 0.6 mL of 30 mM FeCl3, (f) 1 mL of 1 mg/mL vitamin B1 and adding
50 mg/L ampicillin and 30 mg/L chloramphenicol from concentrated stocks. The cultures
were grown in 2500 mL baffled flasks with 125 rpm orbital shaking until they reached an
OD at 600 mm of 0.8, at which point 0.2 mM IPTG was added from a freshly prepared stock
and the cells were harvested 5 h later by centrifugation at 6000 rpm for 10 min in a JLA
8.1000 rotor.

4.4. Purification Procedure

Step 1—sonication at pH 6.0. The pellet from 0.5 L culture was sonicated in 80 mL
20 mM MES, pH 6.0, in a glass beaker immersed in an ice-water slurry using a Soni-Prep
150 sonicator, large horn, 50% duty cycle, for three minutes. The slurry was centrifuged for
6 min at 4 ◦C at 18,000 rpm in a Beckman 25:50 rotor. The supernatant (lane 1 in Figure 2)
was discarded and the top of the pellet was scraped with a spatula to remove brown matter.
The pellet was re-sonicated four times in 80 mL 20 mM MES, pH 6.0, then centrifuged
for 6 min at 4 ◦C at 18,000 rpm as above. After each centrifugation, the supernatant (lane
2–5 in Figure 2) was discarded and the top of the pellet was scraped with a spatula to
remove brown matter, the amount of which significantly reduced after each sonication and
centrifugation round.

Step 2—sonication at pH 8.0. The pellet after the fifth sonication above was sonicated
and dispersed using a magnetic stir bar in a total of 200 mL 10 mM tris, 1 mM EDTA, pH 8.0,
resulting in a clear solution (lane 6 in Figure 1).

Step 3—ion exchange removal of charged contaminants. The DNJAB6b solution after
step 2 was first passed through 50 mL Q Sepharose big beads (anion exchange resin, lane 7
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in Figure 2 shows the flow-through) and then through 25 mL SP HP resin (cation exchange
resin, lane 7 in Figure 1 shows the flow-through).

Step 4—ammonium sulphate precipitation. The flow-through of the SP HP resin
was mixed with 100% ammonium sulphate (AMS), pH 8.0 (equilibrated over ammonium
sulphate salt at room temperature) at a 100:17.6 volume ratio resulting in 15% AMS,
incubated for 10 min in an ice box, and centrifuged for 10 min at 8000 rpm in a JLA
8.1000 rotor. The supernatant was mixed with 100% AMS pH 8.0 at a 117.6:10.6 volume
ratio, resulting in 22% AMS (the 15–22% fraction). The sample was incubated for 10 min in
an ice box and centrifuged for 10 min at 8000 rpm in a JLA 8.1000 rotor.

Step 5—size exclusion chromatography. Each pellet from step 4 was dissolved in
6 M GuHCl and separated by size exclusion chromatography (SEC) on a 26/600 mm
Superdex200 column (GE Healthcare) operated in 2 M GuHCl, 20 mM sodium phos-
phate, 0.2 mM EDTA, pH 8.0 (Figure 3A,B). Under these conditions, DNAJB6b elutes as
a monomer or dimer. Fractions were analyzed using the absorbance at 214, 260, 280 nm
and by SDS PAGE (10–20% gel from Novex in a Tris/Tricine buffer system). Fractions
containing DNAJB6b were lyophilized to concentrate them three times, followed by SEC
on a 16/600 mm Superose6 column (GE Healthcare) operated in 20 mM sodium phosphate,
0.2 mM EDTA, pH 8.0 (Figure 3C,D). Under these conditions, DNAJB6b elutes as highly
polydisperse oligomers. Fractions were analyzed using the absorbance at 214, 260, 280 nm
and by SDS PAGE (10–20% gel from Novex in a Tris/Tricine buffer system). Fractions
containing DNAJB6b were stored on ice or frozen at −20 ◦C until used in biophysical
experiments. The concentration of DNAJB6b was determined by mixing 150 µL from
each fraction with 50 µL 8M GuHCl, recording the absorbance between 360 and 232 nm,
multiplying the absorbance at 280 nm by 4/3, and dividing by the extinction coefficient
14,400 M−1cm−1.

4.5. Adaption of the Purification Protocol for Mutants

Variants with retained charge distribution, e.g., STA5, STA18, and T193A, can be
purified using the same protocol as the wt. The purification of charge substitution mutants
may require adjustment to the pH values of the buffers used. In such a case, a quick pH
scouting with crude sonicates may be helpful to find out under which pH the variant is
minimally soluble. When purifying the NCys and CCys mutants, it is possible to use the
same protocol as for wt with the only modification being the inclusion of 1 mM DTT in all
buffers to prevent the formation of covalent dimers.

4.6. Aggregation Kinetics

Aβ(M1-42), was expressed and purified as described [30] and monomers were isolated
in 20 mM sodium phosphate, 0.2 mM EDTA, pH 8.0. For DNAJB6b wt, we used an aliquot
from fraction 14 from the SEC run on Superos6 shown in Figure 3C,D. For DNAJB6b STA5
we used an aliquot from fraction 14 in the SEC run on Superos6 (Figure S1). Samples were
kept and mixed on ice to contain 4 µM Aβ42 alone or 4 µM Aβ42 with DNAJB6b wt or
STA5 at concentrations ranging from 2 to 150 nM. All samples contained 6 uM thioflavin T
(ThT) and were distributed as multiple replicates in wells of a Corning 3881 96-well plate
(a half area PEGylated black polystyrene plate with a transparent bottom). The plate was
inserted in a plate reader (BMG omega) equilibrated at 37 ◦C. The fluorescence was read
through the bottom of the plate using an excitation filter at 440 nM and an emission filter
at 480 nm. The data were normalized using Amylofit [31] and could only be fitted using
models assuming inhibition of primary nucleation.

4.7. Fluorophore Labelling

Purified DNAJB6-CCys or DNAJB6-NCys was subjected to SEC on a G25 column op-
erated in 20 mM sodium phosphate, pH 8.0, to remove DTT. Alexa488, Alexa555, Alexa647,
or IRdye680 was added from a 5 mM stock in DMSO, 1.5 molar equivalents. The solution
was gently mixed and incubated at room temperature for 2 h. Excess dye was removed by
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SEC on a 10 × 300 mm Superdex75 column operated in 20 mM sodium phosphate, 0.2 mM
EDTA, and pH 8.0.

5. Conclusions

We have presented here a versatile protocol for producing highly pure DNAJB6b
wt and variants. The protocol relies on inexpensive tools as it is based on the physico-
chemical properties of the protein, which is expressed as is with no sequence additions.
The purified protein will thus be amenable to more detailed studies of these properties
and their molecular origin using a range of biophysical tools including NMR and optical
spectroscopy, as well as a multitude of surface and scattering techniques. The ease of
isotope labeling will be an advantage both for NMR spectroscopy and neutron scattering
with contrast variation to distinguish different components in co-aggregates. The palette
of fluorescently labelled variants opens for additional experiments using fluorescence
correlation spectroscopy, microscopy, and fluorescence resonance energy transfer. The
plasmids described here will be shared with the research community and the protocols we
describe for expression, purification, and labelling are easy to set up in any lab at low cost.

Supplementary Materials: The following supporting information can be downloaded online. Figure
S1: Purification of DNAJB6b-STA5.
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Abstract: TIR-domain-containing adapter-inducing interferon-β (TRIF) is an innate immune protein
that serves as an adaptor for multiple cellular signalling outcomes in the context of infection. TRIF is
activated via ligation of Toll-like receptors 3 and 4. One outcome of TRIF-directed signalling is the
activation of the programmed cell death pathway necroptosis, which is governed by interactions
between proteins that contain a RIP Homotypic Interaction Motif (RHIM). TRIF contains a RHIM
sequence and can interact with receptor interacting protein kinases 1 (RIPK1) and 3 (RIPK3) to
initiate necroptosis. Here, we demonstrate that the RHIM of TRIF is amyloidogenic and supports
the formation of homomeric TRIF-containing fibrils. We show that the core tetrad sequence within
the RHIM governs the supramolecular organisation of TRIF amyloid assemblies, although the stable
amyloid core of TRIF amyloid fibrils comprises a much larger region than the conserved RHIM only.
We provide evidence that RHIMs of TRIF, RIPK1 and RIPK3 interact directly to form heteromeric
structures and that these TRIF-containing hetero-assemblies display altered and emergent properties
that likely underlie necroptosis signalling in response to Toll-like receptor activation.

Keywords: RHIM; TRIF; necroptosis; functional amyloid; fibrils; RIPK

1. Introduction

TIR-domain-containing adapter-inducing interferon-β (TRIF) is a key innate immune
adaptor protein that forms signalling complexes downstream of the activation of Toll-like
receptors 3 and 4 (TLR3/4) [1]. TLRs are membrane-associated receptors that are capable
of detecting damage-associated and pathogen-associated molecular patterns (DAMPs and
PAMPs) [2]. TLR3 detects double-stranded RNA [3], triggering a response to a range
of viruses. TLR4 is best known for responding to lipopolysaccharide in gram-negative
bacteria [4] and can also respond to gram-positive bacterial and viral PAMPs [5–8]. As TRIF
acts downstream of both TLR3 and TLR4, it plays an important role in inducing immune
defence to a wide range of pathogenic stress.

TRIF is a multidomain protein, with each domain capable of signalling for specific
cellular outcomes. It contains an N-terminal domain, a TIR (Toll/interleukin1 (IL-1) re-
ceptor) domain and a C-terminal Receptor Homotypic Interaction Motif (RHIM) sequence
(Figure 1A). The RHIM sequence in the C-terminal region of TRIF has been shown to
mediate interactions that can result in the activation of the lytic inflammatory cell death
programme known as necroptosis, which is initiated during innate immune stress caused
by pathogenic infection [9,10].
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receptor domain. (B) Alignment of RHIM sequences from human and virus proteins. ZBP1 contains 
at least two RHIMs, presented as RHIM-A and RHIM-B. The conserved core tetrad is indicated in 
the boxed region. (C) Design of recombinant RHIM-containing fusion proteins with RHIM-contain-
ing regions required for necroptosis (light grey) and ubiquitin or fluorescent partner domain. 
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A protein construct encoding the RHIM and surrounding residues of wildtype TRIF 
was cloned with His-tagged ubiquitin or fluorescent partner domains to assist in the ex-
pression, purification and detection of amyloid-based assembly and protein:protein inter-
actions (Figure 1C). Protein constructs encoding for RIPK1, RIPK3 and a TRIF core tetrad 
mutant (VQLG to AAAA) were also cloned (Supplementary Figure S1). The AAAA mu-
tation was chosen because this change to the core residues of the motif has been shown to 
reduce the ability of RHIM-containing proteins to signal for cell death by necroptosis. 

These protein constructs are named for the partner domain and the stretch of resi-
dues incorporated from the original RHIM protein (for instance, Ub-TRIF601–712 represents 
the residues 601–712 of TRIF with an N-terminal ubiquitin partner domain).  Proteins 
were produced by overexpression in E. coli and purified by affinity chromatography. Pre-
vious experience has shown that RHIM-containing proteins are prone to rapid self-assem-
bly into insoluble aggregates in buffers of physiological salt and pH [31]. Therefore, pro-
teins were purified and maintained as monomers in chaotropic 8 M urea-containing buffer 
before removal of denaturant, triggering oligomerisation. This methodology has been pre-
viously utilised for the characterization of other RHIM proteins [18,20,31,32]. 

The capability of the TRIF RHIM to drive the formation of homomeric amyloid as-
semblies was assessed first with a suite of hallmark assays. The fluorescent dye thioflavin 
T (ThT) and the aniline dye Congo red show characteristic spectral changes when they 
bind to the cross-β structure in amyloid fibrils and both are widely used to report on the 
formation of amyloid protein assemblies [33,34]. Both the wildtype and the mutant TRIF-
RHIM containing proteins spontaneously form structures that generate enhanced ThT flu-
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Figure 1. (A) Domain architecture of human RHIM-containing proteins, which contain multiple
globular domains that serve diverse functional roles. RHIMs are present within disordered protein
regions. Z: Zα domain; DD: death domain; NTD: N-terminal domain; TIR: Toll/interleukin-1 (IL-1)
receptor domain. (B) Alignment of RHIM sequences from human and virus proteins. ZBP1 contains
at least two RHIMs, presented as RHIM-A and RHIM-B. The conserved core tetrad is indicated in the
boxed region. (C) Design of recombinant RHIM-containing fusion proteins with RHIM-containing
regions required for necroptosis (light grey) and ubiquitin or fluorescent partner domain.

Necroptotic death was initially observed downstream of tumour necrosis factor (TNF)
receptor ligation, resulting from the interaction of RHIM-containing receptor interact-
ing protein kinase 1 (RIPK1) with the RHIM-containing protein RIPK3 [11,12]. The pro-
tein complex formed by the hetero-assembly of RIPK1 and RIPK3 is termed the necro-
some [13,14] and is an ultra-high molecular weight functional amyloid signalling com-
plex [15]. The necrosome formed by interactions between RIPK1 and RIPK3 is a heteromeric
amyloid assembly driven by interactions between RHIM sequences in these proteins [15].

RHIMs are conserved protein sequences located within disordered regions in four
multi-domain immunity-associated proteins (Figure 1A). RHIMs contain a highly con-
served core tetrad of residues with the consensus sequence (V/I)Q(V/I/L/C)G (Figure 1B).
This core tetrad is important for function, as mutagenesis of this sequence to AAAA in
many different experimental workflows ablates RHIM-driven protein function [12,15–18].
Additionally, the RHIMs are essential for necrosome assembly and amyloid formation: mu-
tation of key amyloid-forming residues in RHIMs results in a loss of necroptosis capability
in cells [15]. Recent structural determination of necrosome assemblies has revealed that the
RHIM sequence forms the amyloid core of these fibrils, which explains the importance of
this sequence for both amyloid assembly and signalling function [19,20].

In addition to RIPK1 and RIPK3, RHIMs that drive cell death have also been identi-
fied in the cytoplasmic nucleic acid sensor ZBP1 [17,21,22] and in TRIF. The RHIM from
TRIF was first identified as a mediator of apoptosis resulting from TLR activation [23].
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Subsequent studies revealed that the RHIM from TRIF could also induce necroptosis
by RHIM-driven interaction with RIPK3 in multiple cell types, including macrophages,
endothelial cells and fibroblasts [16,24]. The formation of the necrosome and RIPK3 phos-
phorylation leads to the phosphorylation, conformational change and oligomerisation of
the pseudokinase mixed lineage kinase-like protein (MLKL) [25–27]. MLKL is the exe-
cutioner protein of necroptosis [25] and induces cell membrane lysis when activated by
RIPK3 [26–28].

TRIF is well-established as a pleiotropic adaptor protein involved in Toll-like receptor
signalling [1,16], but little is known about the structure of the hetero-assemblies that define
its role in programmed cell death. TRIF is capable of signalling for necroptosis in the
absence of RIPK1 in murine fibroblasts and endothelial cells; however, it is required for
necroptosis in macrophages [16]. The requirement of RIPK1 to modulate TRIF-RIPK3
signalling may be cell-context dependent, and potentially reliant on the presence of other
cellular co-factors. The ability of TRIF to form either homo- or heteromeric amyloid
assemblies has not been determined, although cell-based experiments have indicated its
ability to form insoluble and fibrillar structures in cells [29,30].

Here we have used a range of biophysical approaches to characterise the amyloido-
genic capacity of the TRIF RHIM. We have delineated the region of TRIF that forms a
protected amyloid-structured core and our results demonstrate that this region extends be-
yond the 18-residues of the RHIM that are identified by homology. Our results demonstrate
the capacity of the TRIF RHIM to form heteromeric assemblies with RIPK1 and RIPK3
through direct interaction.

2. Results
2.1. The RHIM from TRIF Self-Assembles into Amyloid Structures

A protein construct encoding the RHIM and surrounding residues of wildtype TRIF
was cloned with His-tagged ubiquitin or fluorescent partner domains to assist in the
expression, purification and detection of amyloid-based assembly and protein:protein
interactions (Figure 1C). Protein constructs encoding for RIPK1, RIPK3 and a TRIF core
tetrad mutant (VQLG to AAAA) were also cloned (Supplementary Figure S1). The AAAA
mutation was chosen because this change to the core residues of the motif has been shown
to reduce the ability of RHIM-containing proteins to signal for cell death by necroptosis.

These protein constructs are named for the partner domain and the stretch of residues
incorporated from the original RHIM protein (for instance, Ub-TRIF601–712 represents the
residues 601–712 of TRIF with an N-terminal ubiquitin partner domain). Proteins were
produced by overexpression in E. coli and purified by affinity chromatography. Previous
experience has shown that RHIM-containing proteins are prone to rapid self-assembly into
insoluble aggregates in buffers of physiological salt and pH [31]. Therefore, proteins were
purified and maintained as monomers in chaotropic 8 M urea-containing buffer before
removal of denaturant, triggering oligomerisation. This methodology has been previously
utilised for the characterization of other RHIM proteins [18,20,31,32].

The capability of the TRIF RHIM to drive the formation of homomeric amyloid assem-
blies was assessed first with a suite of hallmark assays. The fluorescent dye thioflavin T
(ThT) and the aniline dye Congo red show characteristic spectral changes when they bind to
the cross-β structure in amyloid fibrils and both are widely used to report on the formation
of amyloid protein assemblies [33,34]. Both the wildtype and the mutant TRIF-RHIM
containing proteins spontaneously form structures that generate enhanced ThT fluores-
cence emission at 485 nm and induce a red shift in λmax in the absorbance spectrum of
Congo red to 540 nm. These features are consistent with the formation of cross-β structure
(Figure 2A,B).
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Figure 2. (A) Time course of amyloid assembly by Ub-TRIF601–712 wild type and mut, initiated by
dilution from denaturant into assembly-permissive buffer at 2.5 µM, and assessed by ThT fluores-
cence. Curves indicate average of three independent replicates, and error bars indicate one standard
deviation. (B) Congo red absorbance spectra from Ub-TRIF601–712 WT and mut macromolecular
assemblies, compared to insulin monomer, insulin amyloid fibril and Congo red and buffer samples.
(C) Time course of static light scattering from Ub-TRIF601–712 RHIM assemblies, following dilution
from denaturant into assembly-permissive buffer at 2.5 µM. Curves indicate average from three
independent replicates, and error bars indicate one standard deviation. (D) Representative transmis-
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Scale bar 500 nm (E) Representative transmission electron micrograph of 1 µM Ub-TRIF601–712 at
higher magnification. Scale bar 200 nm. (F) Representative transmission electron micrograph of
amorphous 1 µM Ub-TRIF601–712mut aggregates. Scale bar 500 nm.

The increase in ThT fluorescence in the presence of wildtype TRIF RHIM follows a sig-
moidal curve, which is reminiscent of other well-characterised amyloid-forming proteins.
The mutant version of the protein displays a modest increase in intensity from a high initial
measured point, indicating that rapid assembly into the ThT-binding conformation starts
before the first measurement is recorded. There is a difference in the final intensity of the
ThT fluorescence between the two proteins but since ThT intensity is not a quantitative
measure of amyloid structure and the mode of ThT binding can affect quantum yield,
no conclusion can be drawn from these data about the amount of amyloid formed in the
two samples.

This experiment was repeated for a range of protein concentrations of wildtype
and mutant versions of the TRIF RHIM (Supplementary Figure S2A). For the wildtype,
the extent of ThT fluorescence correlated with the concentration of protein and a sigmoidal
increase in fluorescence intensity was apparent, consistent with other well-characterised
amyloid-forming systems. For the mutant, the ThT fluorescence increased correspondingly
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with protein concentration, but even the early timepoints showed an intensity above
buffer-only, indicative of rapid formation of ThT-binding species.

Ub-TRIF601–712 and Ub-TRIF601–712mut assemblies both induced a shift in the ab-
sorbance maximum exhibited by Congo red, towards 540 nm and similar to that seen with
insulin fibrils (Figure 2B), with the mutant form of TRIF yielding a higher absorbance at
540 nm than the wildtype protein. The ThT fluorescence and Congo red data indicate
that both wildtype and AAAA TRIF RHIM constructs do form structures with elements of
cross-β architecture, albeit with different kinetics of assembly and possibly with a slightly
different environment for ThT binding, reflected by the different final ThT intensity.

Static light scattering was performed in parallel with the ThT assays and showed
a large increase in scattering signal for Ub-TRIF601–712 but little signal for Ub-TRIF601–712mut
over the course of 60 min at 2.5 µM (Figure 2C). We also examined the concentration-
dependence of light scattering for both protein constructs (Supplementary Figure S2B).
For Ub-TRIF601–712, light scattering increased with concentration, typical of amyloid fibrils
which are large insoluble structures. When studying Ub-TRIF601–712mut, no scattering
was visible for the 60 min time period at concentrations between 0.625 µM and 2.5 µM,
and was severely attenuated at 5 µM compared to Ub-TRIF601–712 at the same concentration.
These data demonstrate that the mutant form of the TRIF RHIM does not form large
structures and suggest that the VQLG core tetrad is required for the assembly of the TRIF
RHIM into large amyloid fibrils.

Transmission electron microscopy (TEM) revealed the difference in the size and mor-
phology of the assemblies formed by the proteins that underly the difference in light
scattering signal. Electron micrographs in Figure 2 demonstrate that Ub-TRIF601–712 assem-
bles into fibrils that show an unusual higher-level assembly. The long Ub-TRIF601–712 fibrils
appear to radiate from a central dense core, reminiscent of a sea anemone with tendrils
(Figure 2D). The dense cores have diameters 0.5–1 µm, and the tendrils range in length
from 0.5 to >3 µm, resulting in an overall diameter of >5 µm. The dense core is composed
of very closely intertwined fibrils, while the emanating fibrils are individual fibrils that
display a clear twist (Figure 2E). In contrast to the long fibrils formed by the wildtype TRIF
sequence, the Ub-TRIF601–712mut was observed to assemble into small aggregates 0.5–2 µm
in diameter (Figure 2F).

The ThT, Congo red and TEM results demonstrate that the wildtype TRIF RHIM drives
the formation of amyloid fibrils which have a propensity to form large clusters. The AAAA
mutation abolishes the ability of the TRIF RHIM to form long amyloid fibrils, as evidenced
by TEM and light scattering. The Ub-TRIF601–712mut forms only small irregular aggregates.
Some residual elements of cross-β structure may remain in these aggregates, as evidenced
by the concentration-dependent increase in ThT signal at 485 nm and increase in absorbance
at 540 nm in the Congo red absorbance spectrum. However, the data show that the intact
VQLG core tetrad of TRIF is required for this RHIM to support the formation of long, regular
amyloid fibrils, suggesting that amyloid fibril formation is important for the function of the
RHIM within the necroptosis signalling pathway.

2.2. Identifying the Protected Core of TRIF Amyloid Assemblies

Recent structural elucidation of functional amyloids involved in cellular signalling
processes, including the RIPK1-RIPK3 necrosome and Orb2 assemblies that are associated
with memory formation in Drosophila, has revealed that these fibrils are composed of an
amyloid structured core scaffold and peripheral partner domains that remain active in
solution [19,35]. We wished to identify the region of TRIF that forms the core amyloid
scaffold. Other investigations of amyloid-forming proteins have used protease digestion
experiments to identify the stable, hydrogen-bonded scaffold [36]. The stable secondary
structure and tight interdigitation of side chains in this scaffold gives relative protection
against proteolysis compared to distal flexible regions.

Here we have exposed TRIF-containing amyloid fibrils to digestion by subtilisin, a non-
specific peptidase, and then have used mass spectrometry to identify the residual sequences,
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which represent the amyloid core. ThT-positive fibrils formed by YPet-TRIF601–712 were
utilised for these experiments, as the partner protein was resistant to subtilisin degradation
and hence did not contribute to the insoluble, proteolysis-resistant fraction. Fibrils formed
by YPet-TRIF601–712 were treated with subtilisin, which led to the rapid release of the
YPet domain into the soluble fraction, while the insoluble fraction contained multiple
protease resistant fragments, with the most dominant ~6 kDa (Figure 3A). This fragment
was subjected to formic acid treatment to achieve depolymerisation (Figure 3B) and then
analysed by LC-MS.
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of large amyloid-based homomeric and heteromeric assemblies [31,38]. In CCS, initially 
monomeric RHIM-containing fluorescent fusion proteins (Figure 1C; Supplementary Fig-
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Figure 3. (A) SDS PAGE analysis of products of subtilisin digestion of YPet-TRIF601–712. Samples
are total (Tot), soluble (Sol), insoluble (Insol) or 10X concentrated insoluble (Insol-c). (B) Digestion
products of YPet-TRIF601–712 after lyophilisation, resuspension in 90% formic acid and additional
lyophilisation, indicating band excised from gel and subjected to mass spectrometry. (C) The sequences
of the RHIM-containing regions of human TRIF, RIPK1 and RIPK3 aligned by the core tetrad, coloured
yellow. % Prevalence of detected TRIF peptides indicated above sequence. All sequences identified by
mass spectrometry available in SI Figure S2. Regions within RIPK1 and RIPK3 previously identified as
important for amyloid interactions [15] and functional RHIM-dependent signalling [13] indicated in
blue and grey, respectively.

The stable amyloid-forming region of TRIF was successfully identified in this way
(Figure 3C). The region of the wildtype TRIF protein used as the starting material in these
experiments is 112-residues long. From this region, up to 44 residues flanking the core tetrad
were conserved in close to 70% of peptide reads, spanning from S654 to Q709. The core
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tetrad of VQLG was present in every sequence detected. Regions immediately adjacent to
the core tetrad are highly represented, with slight decreases in protection from proteolysis
in regions more distal to the tetrad. The full list of peptide sequences successfully identified,
including any posttranslational modifications, is provided in Supplementary Figure S2.
This extent of residues potentially involved in amyloid formation by TRIF was surprising,
as Waltz and Tango algorithms do not predict any amyloidogenic sequences within this
TRIF C-terminal region. AmylPred identifies amyloidogenic propensity in the nine residues
on the N-terminal side of the tetrad (PLIIHHAQM). All post-translational modifications
corresponded to oxidation of methionine residues, which likely occurred as part of the
electrospray ionisation process [37].

These data indicate that the VQLG sequence and its immediately flanking regions form
the most protected, and hence structured, component of TRIF amyloid fibrils. Alignment
of these protected regions in TRIF with the RHIM region previously identified by other
groups, delineated with mutagenesis and functional assays, pulldown interaction studies,
measures of heteromeric amyloid formation and solid state NMR [13,15,23], indicates that
the amyloid-structured region of TRIF is relatively large and likely extends beyond the
~18-residue sequence that controls interactions between the different RHIM-containing
proteins (Figure 3C). While the full extent of this structured region may not be necessary
for interactions with other proteins, this first unbiased analysis of the amyloid-forming
region of the TRIF protein suggests that a large segment of the C-terminal region of TRIF
becomes structured when the protein self-assembles.

2.3. TRIF Directly Interacts with RIPK1 and RIPK3 to Form Heteromeric Assemblies

Experiments conducted in cells have indicated that assembly of TRIF into large macro-
molecular structures is vital for the engagement of necroptosis [16,30]. Confocal coincidence
spectroscopy (CCS) has previously been used successfully to probe the formation of large
amyloid-based homomeric and heteromeric assemblies [31,38]. In CCS, initially monomeric
RHIM-containing fluorescent fusion proteins (Figure 1C; Supplementary Figure S1) are
mixed together and then analysed in a ~1 fL confocal volume, allowing for characterisa-
tion and quantification of individual molecules and any complexes formed. Fluorescence
emission intensity is recorded from this volume over time. Baseline fluorescence arises
from monomeric protein in solution. Deflections from baseline in one or both fluorescence
channels indicate the presence of higher-order protein assemblies. Co-incidence of signals
from the two channels reflects heteromeric assembly [38].

CCS was performed on YPet-TRIF601–712, YPet-TRIF601–712mut, mCherry-RIPK1497–583
and mCherry-RIPK3387–518 alone and in pairs. Fluorescence data were recorded each
millisecond for three-minute intervals. A representative 250 ms trace for each experimental
condition is shown in Figure 4A.
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For YPet-TRIF601–712, many large homomeric assemblies were apparent. No such
large homomeric assemblies were detected when YPet-TRIF601–712mut was incubated
under amyloid assembly-permissive conditions. mCherry-RIPK1497–583, and mCherry-
RIPK3387–518 also formed homomeric assemblies under these conditions (Figure 4A).

When YPet-TRIF601–712 and mCherry-RIPK1497–583 were incubated together under
assembly-permissive conditions, many large peaks were detected in the YPet channel,
and multiple smaller peaks were observed in the mCherry channel (Figure 4B). This inter-
action appears to be dependent on the core tetrad of TRIF, as no large peaks were detected
when -YPet-TRIF601–712mut and mCherry-RIPK1497–583 were co-incubated (Figure 4B).
For co-incubations of -YPet-TRIF601–712 and mCherry-RIPK3387–518, many peaks were de-
tected in both the YPet and mCherry emission channels, reflecting the high propensity of
both proteins to assemble (Figure 4B). In the mixture of YPet-TRIF601–712mut and mCherry-

50



Molecules 2022, 27, 3382

RIPK3387–518, many peaks were detected in the mCherry channel, but few were detected in
the YPet channel (Figure 4B).

It is possible to utilise quantitative analysis to measure the interaction capability of
YPet and mCherry proteins in this CCS system. One such measure of interaction propensity
is termed ‘colourQ’ and defined as follows:

colourQ =
number o f Colour A peaks aligned with Colour B peaks

total number o f Colour A peaks
(1)

RedQ measurements (which describe the proportion of green peaks aligned with
red peaks) were performed on the two-protein pairs described above (Figure 4C). For co-
incubations of mCherry-RIPK1497–583 with YPet-TRIF601–712, the peaks were highly co-
localised (RedQ = 0.9). For mixtures of YPet-TRIF601–712mut and mCherry-RIPK1497–583,
a RedQ score of 0.11 was reported, indicating a low level of interaction. These data
indicate that the TRIF VQLG core tetrad motif is important for co-assembly with RIPK1.
For mixtures of YPet-TRIF601–712 and mCherry-RIPK3387–518, these co-incubated proteins
showed a RedQ score of 0.40. The interaction of TRIF with RIPK3 appears dependent on the
VQLG core tetrad of TRIF, as coincidence of detection between YPet-TRIF601–712mut and
mCherry-RIPK3387–518 was low (RedQ = 0.13; Figure 4C). The RHIM from TRIF appears
more amenable to interaction with RIPK1 than RIPK3 (RedQ = 0.9 vs. RedQ = 0.4). This may
be due to the higher propensity of RIPK3 to self-assemble, which may reduce its likelihood
for heteromeric interaction.

The number and size of complexes detected in each sample was also analysed by
binning the detected fluorescent signals according to intensity and plotting the num-
ber of peaks of each intensity range, in a photon counting histogram (PCH; Figure 4D).
Comparison of the PCHs for YPet-TRIF601–712 and YPet-TRIF601–712mut with mCherry-
RIPK1497–583 shows that the average size of RIPK1-containing complexes increases in the
presence of YPet-TRIF601–712 (black) compared to RIPK1 alone (magenta), indicating that
hetero-assembly with TRIF drives RIPK1 into larger complexes. This change in peak size
distribution is not detected when mCherry-RIPK1497–518 is co-incubated with the mutant
form of TRIF (grey). This confirms the crucial role of the core tetrad in RHIM-based higher
order assembly. Analysis of mixtures of TRIFwt and RIPK3 shows that on average these
heteromeric complexes (black) are slightly larger than those formed by the RIPK3 RHIM
construct on its own (magenta). Additionally, a small number of larger heteromeric com-
plexes (1500–2000 photons/ms; Figure 4D right panel) are observed. This is consistent
with a reduced interaction propensity and lower RedQ for this complex compared to
the TRIF:RIPK1 complex. No change in average size of oligomer was detected when the
mutant form of the TRIF RHIM was co-incubated with mCherry-RIPK3387–518, confirming
the dependence on an intact wildtype tetrad sequence for interaction between the RHIMs
of TRIF and RIPK3. Taken together, these data indicate that the RHIM of TRIF supports
complex formation with RIPK1 and RIPK3 and co-assembly with TRIF recruits RIPK1 into
macromolecular complexes that are larger than homomeric RIPK1 assemblies.

2.4. Hetero-Assemblies Formed between TRIF and RIPK1 or RIPK3 Are Larger and More Stable
Than Homo-Assemblies Formed by These Proteins

Sodium dodecyl sulphate agarose gel electrophoresis (SDS-AGE) experiments were
used to probe the native size and stability of TRIF homomeric and heteromeric assemblies
containing TRIF and one of either RIPK1 or RIPK3. Previous work has shown that the dif-
ferential stability of RHIM homo- and heteromeric assemblies can be revealed by treatment
with 2% SDS [18,31,32].

YPet-TRIF601–712 when maintained in 8 M urea remains monomeric (Figure 5A,
left panel, lane 1). TRIF assemblies formed following removal of denaturant were re-
tained in the well (Figure 5A, left panel, lane 2). These were confirmed by TEM to be
>5 µM in length. These homomeric amyloids formed by TRIF are susceptible to SDS
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depolymerisation and are depolymerised to oligomers of a range of sizes and monomer
(Figure 5A, left panel, lane 3).
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Figure 5. SDS-agarose gel electrophoresis reveals structural properties arising from heteromeric
assembly of TRIF and other RHIM-containing proteins. Single or equimolar at 5 µM two-protein
combinations carrying YPet or mCherry fluorophores were prepared in (1) monomeric or (2) co-
assembled forms and (3) treated with SDS, then electrophoresed on an agarose gel and imaged. Protein
combinations used: (A) YPet-TRIF601–712 and mCherry-RIPK1497–583, (B) YPet-TRIFmut601–712 and
mCherry-RIPK1497–583, (C) YPet-TRIF601–712 and mCherry-RIPK3387–518, (D) YPet-TRIFmut601–712

and mCherry-RIPK3387–518. All conditions were imaged with both GFP and mCherry appropriate
filter sets, and then overlaid using FIJI ImageJ. All experiments were conducted multiple times, and a
representative gel is shown. Migration of long fibrils, short fibrils/oligomers and monomeric forms
are indicated.

mCherry-RIPK1497–583 monomer completely traversed to the gel front (Figure 5A,
middle panel, lane 1). After dialysis, mCherry-RIPK1497–583 migrated partway down the
gel, indicating the formation of oligomeric species or small fibrils, which is consistent
with the small fibril assemblies made by this protein that we have previously observed
by TEM in prior studies (Figure 5A, middle panel, lane 2) [31]. SDS treatment caused the
reversion of dialysed mCherry-RIPK1497–583 samples to monomer, indicating low stability
of RIPK1-only assemblies (Figure 5A, middle panel, lane 3).

When mCherry-RIPK1497–583 and YPet-TRIF601–712 were co-dialysed, both proteins
were retained in the well, and the oligomer band for mCherry-RIPK1497–583 was weaker,
indicating that TRIF:RIPK1 interaction results in assembly of structures that are larger than
the RIPK1-alone structures (Figure 5, right panel, lane 2). These findings are consistent
with the observation of larger RIPK1 assemblies by CCS described earlier (Figure 4C).
When this mixture was incubated with 2% SDS, a small amount of protein remains visible
in the well, along with a streak near the expected oligomer band size (Figure 5, right panel,
lane 3), indicating that the hetero-assembly complex containing of RIPK1 and TRIF is partly
resistant to SDS, and is more stable than the homomeric assemblies of these two proteins.

A similar set of experiments was performed with YPet-TRIF601–712mut and mCherry-
RIPK1497–583 (Figure 5B). Unlike the wildtype version of YPet-TRIF601–712, the mutant
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formed oligomers (as previously observed by TEM in Figure 2F) instead of fibrils and these
were also not SDS resistant (Figure 5B, first panel, lane 3). mCherry-RIPK1497–583 alone
formed the same oligomer species as previously described (Figure 5B, middle panel) [31].
Co-dialysis of mCherry-RIPK1497–583 and YPet-TRIF601–712mut did not see them colocalise
(no white overlay) nor was any specific change in translocation or stability characteristics
visible for either protein (Figure 5B, third panel, lanes 2 and 3). These findings were
consistent with confocal CCS, where wildtype TRIF and RIPK1 RHIMs were shown to
interact, and it was observed that the wildtype core tetrad of TRIF was required for TRIF to
impart changes on RIPK1 (Figure 4B,C).

The homo- and heteromerization of TRIF and RIPK3 were investigated using the same
protocols. YPet-TRIF601–712 formed large assemblies that were SDS-soluble (Figure 5C,
left panel), as previously described. Homomeric mCherry-RIPK3387–518 formed large as-
semblies that were predominantly retained in the well, again consistent with prior studies
(Figure 5C, middle panel) [15,31]. Notably, mCherry-RIPK3387–518 homo-assemblies were
partially resistant to SDS dissolution, with SDS treatment generating large fibrils that mi-
grated only a short distance from the well (Figure 5C, middle panel, lane 3). Analysis of mix-
tures of TRIF and RIPK3 revealed novel properties induced by heteromerization (Figure 5C,
right panel). When dialysed together, YPet-TRIF601–712 and mCherry-RIPK3387–518 both
remained colocalised within the wells and the RIPK3 in these large hetero-assemblies was
completely resistant to SDS treatment. The large fibrils observed in the wells could be a
mixture of homomeric RIPK3 fibrils, homomeric TRIF fibrils and heteromeric RIPK3:TRIF
fibrils. We observe that the stability of a proportion of the RIPK3 and TRIF material is in-
creased, indicating that TRIF and RIPK3 hetero-interaction serves to stabilise both proteins
within amyloid assemblies.

These emergent features of TRIF:RIPK3 hetero-assembly are driven by the wildtype
core tetrad of TRIF, as evidenced by the lack of co-localisation when these experiments were
repeated with YPet-TRIF601–712mut and mCherry-RIPK3387–518 (Figure 5D, right panel).
Oligomers of mutant TRIF and large RIPK3 fibrils were observed at different locations and
the mutant TRIF assemblies were depolymerised by SDS.

2.5. Microscopy of Hetero-Assemblies Containing TRIF and Partner Proteins Elucidates Extensive
Cointegrated Protein Architectures

The hetero-assemblies formed by TRIF and RIPK1 and RIPK3 were imaged by both
TEM and fluorescence confocal microscopy to characterise their size, morphology and
integration and localisation of the constituent proteins.

Two prominent morphologies were observed by TEM when Ub-TRIF601–712 and
mCherry-RIPK1497–583 were allowed to co-assemble (Figure 6A): a network of fibrils
(Figure 6A, Morphology A) and a dense fibril bundle with some smaller fibrils emanating
from the core (Figure 6A, Morphology B). The relationship between Morphology A and Mor-
phology B is unclear—it is possible that Morphology A is on a pathway to Morphology B,
or that the different morphologies arise from different clusters of each of the constituent
proteins in a single superstructure. Assemblies containing YPet-TRIF601–712 and mCherry-
RIPK1497–583 were assessed by confocal microscopy (Figure 6B) and very large clusters
of fibrils were observed and appeared to contain both proteins, with YPet and mCherry
colocalised (Pearson correlation value = 0.95). This co-assembly was dependent on the
presence of a WT tetrad sequence, since samples prepared with both YPet-TRIF601–712mut
and mCherry-RIPK1497–583 present were observed to contain structures composed almost
entirely of RIPK1 (Figure 6C), as indicated by the Pearson correlation score of 0.08. No large
structures containing YPet-TRIF601–712mut were observed.
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tively ascertain whether RIPK3-TRIF co-assemblies were indeed hetero-amyloids, we im-
aged these assemblies in the presence of ThT, using widefield fluorescence microscopy 
(Supplementary Figure S5). The large assemblies composed of wildtype YPet-TRIF601–712 
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Figure 6. Confocal and transmission electron microscopy of mixtures of TRIF and RIPK1. (A) Transmis-
sion electron microscopy of mixtures of 1 µM Ub-TRIF601–712 and mCherry-RIPK1497–583. There were
two common morphologies for these mixtures, Morphology A and Morphology B. Scale bars rep-
resent 500 nm. (B,C) Confocal images of mixtures of 2.5 µM TRIFwt601–712 and TRIFmut601–712 and
RIPK1497–583 RHIM-containing proteins. Images are displayed as recorded in GFP channel, mCherry
channel and merged. Scale bar indicates 10 µm. Image analysis performed in Fiji. Pearson Correlation
determined by JaCoP plugin.

Co-assembled structures of Ub-TRIF601–712 and YPet-RIPK3387-518 imaged by electron
microscopy had a single prominent morphological identity (Figure 7A) comprised of dense
aggregated fibrillar material. Higher-magnification of these TRIF-RIPK3 co-assemblies
reveals individual fibrils emanating from the surface and visible on the periphery of
the dense bundles (Supplementary Figure S4). Coincubation of YPet-TRIF601–712 and
mCherry-RIPK3387–518 and subsequent observation by confocal microscopy confirmed both
proteins were contained within these assemblies (Figure 7B). The observed assemblies had
extensive fibrillar morphology and were highly colocalised (Pearson correlation = 0.95).
This co-assembly requires a WT tetrad sequence: in mixtures of YPet-TRIF601–712mut and
mCherry-RIPK3387–518 the proteins were poorly colocalised (Pearson correlation = 0.18).
The observed assemblies displayed low levels of YPet-TRIF601–712mut incorporation and
appeared to be mostly composed of mCherry-RIPK3387–518 (Figure 7C). In order to defini-
tively ascertain whether RIPK3-TRIF co-assemblies were indeed hetero-amyloids, we im-
aged these assemblies in the presence of ThT, using widefield fluorescence microscopy
(Supplementary Figure S5). The large assemblies composed of wildtype YPet-TRIF601–712
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and mCherry-RIPK3387–518, and corresponding to those observed by confocal microscopy
(Figure 7B), were highly co-localised with signal for ThT confirming the cross-β amyloid
architecture of the assemblies. Mixtures of YPet-TRIF601–712mut and mCherry-RIPK3387–518,
generated smaller assemblies with a weaker YPet signal but strong mCherry signal, cor-
responding to low levels of the TRIF mut relative to RIPK3 RHIM and in line with the
structures observed using confocal imaging (Figure 7C). These structures were highly
colocalised with ThT signal. However, RIPK3 homomeric fibrils would also be expected to
bind ThT so the extent of heteromeric TRIF601–712mut:RIPK3 heterofibril assembly could
not be distinguished.
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3. Discussion

Previous studies reporting on TRIF have indicated its ability to form large insoluble
filamentous aggregates in cells and to interact with RIPK1 and RIPK3 [29,30] and the
results presented here provide the first structural characterisation of those RHIM:RHIM
interactions between TRIF and key necroptosis-associated proteins. We have demonstrated
that the RHIM from TRIF is capable of spontaneously forming fibrillar amyloid assemblies,
like other RHIM-containing proteins [15,31,32]. The assembly of the TRIF RHIM-containing
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domain into organised amyloid fibrils is crucially dependant on the core tetrad VQLG
residues of the motif. Although the AAAA mutant forms ThT and Congo red positive
structures, the loss of the key interacting residues abrogates the domain’s ability to form or-
dered and stable fibrils, as observed by SDS treatment followed by agarose electrophoresis,
coincidence confocal spectroscopy and confocal and electron microscopy.

The mass spectrometry data presented here reveal that the protected amyloid core
of TRIF assemblies is larger than the sequence motif defined by homology to other RHIM
proteins and by pulldown experiments [16]. The structures of heteromeric RIPK1:RIPK3
and homomeric RIPK3 RHIM cores, determined by solid state NMR, show that the residues
involved in amyloid formation by RHIM proteins can vary to some extent [19,20]. Ad-
ditionally, both homomeric and heteromeric forms of RHIM-containing proteins may be
important in the determination of cell fate [20,39–41]. RIPK3 homo-assembles are com-
prised of a single protofilament composed of three β-strands [20]. RIPK3 hetero-assemblies
with RIPK1 form a serpentine fold comprised of two protofilaments [19,41]. The number,
identity and importance of the specific amino acid residues that comprise the amyloid
core in these two different conformers vary. It is possible that the architecture of amyloid
formed by RHIM-containing proteins differs depending on homo-assembly or specific
hetero-assembly status. This would be consistent with the characterisation of mosaic
RIPK1:RIPK3 necrosomes by Chen et al. (2022) where the supramolecular architecture of
the necrosome reflects its functional impact in cells [41]. Elucidation of TRIF amyloid homo-
assemblies or hetero-assemblies with RIPK1 and/or RIPK3 by solid state NMR or cryo-EM
is an important avenue for future study. These structures would allow for comparison with
the elucidated RIPK1:RIPK3 structure [19], and reveal differences in assemblies formed by
TRIF compared to RIPK1 or RIPK3 that may underlie physiological function.

The suite of experiments used in this study has revealed that the RHIM of TRIF binds
directly to both RIPK1 and RIPK3 RHIMs, with distinct effects on the two interacting
partners. When TRIF binds to RIPK1, it drives RIPK1 into heteromeric assemblies that are
larger and more stable than RIPK1 homomeric assemblies. When TRIF forms two-protein
hetero-assemblies with RIPK3, these are larger assemblies than formed by either protein
alone and they are more stable than TRIF homomeric assemblies. The experiments reported
here describe the two-protein assemblies formed by either human TRIF and RIPK1 or TRIF
and RIPK3 and they form part of the extensive suite of protein interactions that drive
programmed cell death [42]. However, in-cell experiments indicate that TRIF signalling
for necroptosis may also involve hetero-interactions between all three of TRIF, RIPK1 and
RIPK3 in mouse cells [16].

In murine fibroblasts and endothelial cells, TRIF and RIPK3 are capable of inducing
necroptosis without the activity of RIPK1, whereas in macrophages RIPK1 is required
for signalling [16]. The data reported here indicate that human TRIF is capable of di-
rect interactions with both RIPK3 and RIPK1 but do not provide an explanation for the
cell-type- or host-dependence of TRIF signalling outcomes. Therefore, it appears likely
that other cellular co-factors are involved in induction of necroptosis cascades in these
different cell types. A recent report studying co-factor driven modulation of ZBP1-RIPK3
necroptosis described that caspase 6 binds directly to RIPK3 to facilitate its interactions
with ZBP1 [43]. It is possible that caspase 6 could also facilitate interaction between RIPK3
and TRIF, or modulate the amyloidogenicity or stoichiometry of amyloid complexes, ren-
dering them more or less amenable to activation of the downstream pseudokinase MLKL.
Little information is known about the cellular concentrations of RHIM proteins during
microbial infection, their specific cellular localisation, or any important post-translational
modifications, including ubiquitination [44–46]. These characteristics may also modulate
or control the structural properties of immunity-associated structural assemblies beyond
the intrinsic amyloidogenicity and interaction-propensity of the proteins themselves.

Overall, this work has demonstrated that TRIF is capable of forming heteromeric
amyloid structures with unique biophysical and biochemical characteristics that may un-
derlie their signalling function. The identification of TRIF as another protein that exerts
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signalling function by oligomeric assembly adds to the growing number of recognised
important supramolecular signalling complexes in immunity, known as signalosomes [47].
These higher-order protein assemblies have specific architectural features that drive the
activation of downstream effector proteins [47,48]. They include Fas/FADD complexes for
caspase 8 activation [49]; MyD88 and partner proteins in the Myddosome [50]; ubiquitina-
tion complexes including TRAF 6 y [51], multiple variants of the inflammasome [52–54],
CARD9/CARD11 filaments [55] and MAVS filaments [56]. This work, utilising truncated
RHIM-containing domains, provides the first step towards understanding of the size, stoi-
chiometry and stability of assemblies generated in cells by full-length RHIM-containing
proteins during genuine infection. Future work will focus on the characterisation of multi-
protein RHIM-based complexes to understand how these assemblies form, what effects
co-factors may have and what role they play in signalling.

4. Materials and Methods
4.1. Production of RHIM Protein Fragments

Synthetic gene sequences encoding RHIM-containing regions of human RIPK1, RIPK3,
TRIF and ZBP1 were purchased from Genscript and cloned into modified pET15b vec-
tors to generate genes for His-tagged fusion proteins with YPet, mCherry or ubiquitin as
N-terminal fusion partners for the RHIM domains (as illustrated in Figure 1). Successful
cloning was confirmed by sequencing at the Australian Genome Research Facility. Recombi-
nant expression was achieved in E. coli BL21(DE3) cells, with induction of gene expression
by IPTG (0.5–1 mM) and 2–4 h incubation at 37 ◦C following addition of IPTG. Harvested
cell pellets were stored at −20 ◦C until purification.

4.2. Purification of Proteins by Nickel Nitriloacetic Acid Affinity Chromatography

Cell pellets were resuspended in 20 mM Tris, 150 mM NaCl, 2 mM EDTA pH 8.0 at
5 mL/by shaking at 180 rpm at 37 ◦C for 30 min, with intermittent vortexing. Cells were
lysed on ice by sonication and then centrifuged at 16,000× g and supernatant removed.
The remaining pellet was washed and solubilised in 8 M urea, 20 mM Tris, pH 8.0 with
mixing at 4 ◦C overnight. Remaining insoluble material was removed by centrifugation at
16,000× g for 30 min. β-mercaptoethanol was added to a final concentration of 4.8 mM and
the solubilised protein was incubated with Ni NTA bead (agarose, supplier) with gentle
agitation for 2 h. Resin was washed with 10 column volumes of 8 M urea, 20 mM Tris, 25 mM
imidazole, pH 8 containing 4.8 mM β-mercaptoethanol and proteins were eluted with
8 M urea, 20 mM Tris, 300 mM imidazole, pH 8.0 containing 4.8 mM β-mercaptoethanol.
Fractions containing the desired protein were pooled, concentrated to approximately 1 mL
using Amicon ultra15 MWCO 10,000 centrifugal units and then buffer-exchanged into
8 M urea, 20 mM Tris, pH 8.0. Protein concentration was determined using the Pierce BCA
Protein Assay Kit (ThermoFisher-Scientific, Scoresby, VIC, Australia), using a fresh standard
curve prepared with bovine serum albumin in relevant buffer for each set of protein
concentration measurements. Where protein stocks contained urea, the equivalent urea
concentration was included in the samples used to create the standard curve. In all samples,
the urea concentration was adjusted to less than 100 mM before protein determination
using this kit.

4.3. Thioflavin T Formation and Light Scattering Assays

Buffer containing 25 mM NaH2PO4, 150 mM NaCl, pH 7.4, 40 µM ThT and 0.5 mM
DTT was pre-loaded into black Costar 96 well fluorescent plates (#3631), the top sealed
with Corning Plastic Sealing Tape (Product #6575) and incubated to a temperature of 37 ◦C
in a POLARstar Omega microplate reader (BMG Labtech). Amyloid assembly was initiated
by diluting desired proteins out of urea-containing buffer to required concentrations in
the wells (specific concentrations varied between experiments and are indicated in each
case), with final urea concentration below 300 mM. Fluorescence intensity to indicate
amyloid formation was recorded with excitation filter 440 nm (+/− 10 nm) and emission
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filter 480 +/− 10 nm. Aggregate size was determined by simultaneous measurement of
scattering of light at 350 nm. Assays were performed in triplicate. Data analysis was
performed in Microsoft Excel and GraphPad Prism.

4.4. Congo Red Assays

RHIM-containing proteins were dialysed overnight against 25 mM NaH2PO4, 150 mM
NaCl, 0.5 mM DTT, pH 7.4 at 0.3 mg/mL to allow assembly into amyloid. Positive control
insulin amyloid fibrils were prepared by heating a solution of insulin at 2.5 mg/mL in
20 mM glycine, pH 2.0 with shaking at 700 rpm for 6 h, followed by 10-fold dilution.
Negative control monomeric insulin was prepared at 0.25 mg/mL in 20 mM glycine, pH 2.0
at room temperature. Congo red from a filtered stock solution of 100 µM in 90% 25 mM
NaH2PO4, 150 mM NaCl, 10% ethanol was added to a final concentration of 20 µM and the
absorbance spectrum collected over 350–850 nm using cuvettes with 1cm pathlength in a
Nanodrop™ 2000C Spectrophotometer (Thermo Fisher Scientific, Scoresby, VIC, Australia),
relative to buffer only. The absorbance from a protein-only sample was subtracted from the
spectrum arising from Congo red in the presence of each protein.

4.5. Confocal Microscopy

Proteins of interest were diluted to 2.5 µM into sodium phosphate buffer into black
Costar 96-well fluorescent plates (Corning, New York, NY, USA) and incubated at 37 ◦C.
Amyloid formation in one sample was recorded by addition of ThT and when amyloid
formation was complete, as judged by plateau phase of ThT fluorescence, samples without
ThT were prepared for confocal imaging. A protein sample measuring 30 µL was dis-
pensed onto a microscope slide and a coverslip carefully lowered to exclude air bubbles
before sealing and storage in the dark overnight at 4 ◦C before imaging on a Leica SP5
Confocal Microscope.

4.6. Widefield Fluorescence Microscopy

Proteins of interest were diluted to 2.5 µM into assembly-permissive sodium phosphate
buffer (25 mM NaH2PO4, 150 mM NaCl, 0.5 mM DTT, pH 7.4) into black Costar 96-well
fluorescent plates (Corning) and incubated with 40 µM ThT at 37 ◦C. After two hours, 30 µL
of protein sample was dispensed onto a microscope slide and a coverslip carefully lowered
to exclude air bubbles before sealing and storage in the dark overnight at 4 ◦C before
imaging on a Cytation 3 Imager (Biotek, Winusky, VT, USA). CFP, GFP and Texas Red filter
sets were used to detect ThT fluorescence, YPet and mCherry respectively. Image analysis
was performed in ImageJ (Fiji).

4.7. Transmission Electron Microscopy

Samples of individual proteins or desired combinations of RHIM-containing proteins
prepared in buffers containing 8 M urea were dialysed overnight against 25 mM NaH2PO4,
150 mM NaCl, 0.5 mM DTT, pH 7.4 at 1 µM concentration. Copper transmission electron
microscopy grids with formvar film support and carbon coating (ProSciTech, Kirwan, QLD,
Australia) were floated on 20 µL of dialysed protein suspensions for 10 min. Excess solution
was discarded, and the grid washed with three droplets of MilliQ water before staining
with 2% uranyl acetate. Grids were imaged using a Tecnai T12 microscope operating at
120 kV and images captured with a side-mounted CCD camera and RADIUS 2.0 imaging
software (EMSIS GmbH, Münster, Germany).

4.8. Subtilisin Digestion and Mass Spectrometry Analysis

YPet-TRIF601−712 (50 µM) was dialysed out of 8 M urea buffer into sodium phosphate
buffer overnight. Subtilisin was added at 200:1 YPet-TRIF:subtilisin molar ratio for 4 h in
order to completely digest proteins. Samples were then separated by centrifugation into
soluble and insoluble fractions. The insoluble fraction was resuspended at 1× and 10×
concentration in 8 M urea to identify potential insoluble bands comprising the amyloid
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core. These experiments were repeated in a workflow suitable for mass spectrometry,
where insoluble pellets were resuspended in 90% formic acid, freeze dried, and then
resuspended in sodium phosphate buffer. The samples were then electrophoresed by
SDS-PAGE and bands of interest were excised. The excised samples were trypsin digested
and underwent liquid chromatography mass spectrometry to identify peptide sequence.

4.9. Confocal Coincidence Spectroscopy

All of the confocal coincidence spectroscopy data were collected on a home built
NanoBright Zeiss Axio Observer microscope system, as described in [57]. Proteins, either
alone or in pre-mixed combinations, were diluted 100 fold out of 8 M urea, 100 mM
NaH2PO4, 20 mM Tris, pH 8.0 into 100 mM NaH2PO4, 20 mM Tris, 0.5 mM DTT, pH 8.0,
resulting in final protein concentration of 0.175 µM in 80 µM urea. Two lasers (emitting at
488 nm and 561 nm) were focused within the solution and fluorescence emission collected
with 525/20 nm bandpass filter and 580 nm longpass filter separated by 565 nm dichroic,
for YPet and mCherry signals respectively. Signals were detected simultaneously for both
channels and binned at 1 ms intervals. Data analysis was performed using custom routines
in MatLab, adapted from workflows described in [38,57].

4.10. Sodium Dodecyl Sulfate Agarose Gel Electrophoresis

Proteins of interest were diluted to 5 µM in 8 M urea-containing buffer, either alone
or in mixtures. A sample of each was retained for later use as a monomeric, unassembled
control. The remaining sample was dialysed against 100 mM NaH2PO4, 20 mM Tris,
0.5 mM DTT, pH 8.0 overnight. The next day, glycerol was added to samples to a final
concentration of 4%, and bromophenol blue to a final concentration of 0.0008%. SDS (from
20% stock solution) or equivalent volume of water, was added to some samples to 2%
and then samples incubated for 10 min before electrophoresis through a 1% agarose gel
in 40 mM Tris, 20 mM acetic acid, 1 mM EDTA, 0.1% SDS, pH 8.3, at 50 V for 120 min.
Gels were imaged on a ChemiDoc (Bio Rad Laboratories, Hercules, CA, USA), where YPet
signal was detected using 605/50 nm emission filters, and mCherry signal was detected
using 695/55 nm filters.

Supplementary Materials: The following supporting information can be downloaded at: https:
//www.mdpi.com/article/10.3390/molecules27113382/s1, Figure S1: Schematic representation of
fusion proteins used in this study. Figure S2: Concentration-dependence of assembly formation
by Ub-TRIF RHIM constructs. In all cases, error bars indicate one standard deviation. (A). Con-
centration dependence of ThT fluorescence over time for Ub-TRIF601–712 and Ub-TRIF601–712mut.
Concentrations used are 0.625–5 µM, as indicated. (B). Concentration dependence of assembly
size over time for Ub-TRIF601–712 and Ub-TRIF601–712mut as determined by static light scattering.
Concentrations used are 0.625–5 µM, as indicated. Figure S3: Complete list of sequences identified
by mass spectrometry from the YPet-TRIF601–712 RHIM core. Alignment of peptides identified by
mass spectrometry, including posttranslational modifications. The oxidation of methionine likely
resulted from the process of electrospray ionisation during mass spectrometry experiments. Residue
series are coloured according to their prevalence. Figure S4: Morphological detail of TRIF-RIPK3
hetero-assemblies analysed by negative stain transmission electron microscopy. TRIF and RIPK3 form
dense fibrillar bundles or clusters when co-assembled at 1 µM and individual fibrils emanate from
the surface of the clusters. Boxed areas indicate zoom regions of the larger image. Black arrowheads
indicate fibrillar material visible within or extending from the dense clusters. All scale bars represent
500 nm. Figure S5: Widefield fluorescence microscopy of TRIF-RIPK3 hetero-assemblies co-stained
with ThT. RHIM-containing proteins (as indicated above) from urea-containing monomeric stocks
were diluted to 2.5 µM in assembly-permissive buffer containing 40 µM ThT. Protein assemblies were
imaged using a Cytation 3 Imager (BioTek). CFP, GFP and Texas Red filter sets were used to detect
ThT fluorescence, YPet and mCherry respectively. Scale bars indicate 20 µm.
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Abstract: TAR DNA-binding protein 43 (TDP-43) forms intraneuronal cytoplasmic inclusions associ-
ated with amyotrophic lateral sclerosis and ubiquitin-positive frontotemporal lobar degeneration.
Its N-terminal domain (NTD) can dimerise/oligomerise with the head-to-tail arrangement, which
is essential for function but also favours liquid-liquid phase separation and inclusion formation of
full-length TDP-43. Using various biophysical approaches, we identified an alternative conforma-
tional state of NTD in the presence of Sulfobetaine 3-10 (SB3-10), with higher content of α-helical
structure and tryptophan solvent exposure. NMR shows a highly mobile structure, with partially
folded regions and β-sheet content decrease, with a concomitant increase of α-helical structure. It is
monomeric and reverts to native oligomeric NTD upon SB3-10 dilution. The equilibrium GdnHCl-
induced denaturation shows a cooperative folding and a somewhat lower conformational stability.
When the aggregation processes were compared with and without pre-incubation with SB3-10, but at
the identical final SB3-10 concentration, a slower aggregation was found in the former case, despite
the reversible attainment of the native conformation in both cases. This was attributed to protein
monomerization and oligomeric seeds disruption by the conditions promoting the alternative con-
formation. Overall, the results show a high plasticity of TDP-43 NTD and identify strategies to
monomerise TDP-43 NTD for methodological and biomedical applications.

Keywords: neurodegeneration; self-assembly; oligomerisation; native-like; micelle

1. Introduction

Amyotrophic lateral sclerosis (ALS) is a fatal disorder characterized by a progressive
degeneration of the upper and lower motor neurons of the brain, brainstem, and spinal cord,
but also in the frontotemporal cortex and hippocampus in a fraction of patients [1–3], lead-
ing to muscle weakness, wasting and spasticity [4]. In 2006, the transactive response (TAR)
DNA-binding protein (TDP-43) was identified as the main component of intraneuronal cy-
tosolic ubiquitinated protein aggregates found in ALS and tau-negative, ubiquitin-positive
frontotemporal lobar degeneration (FTLD) patients [1,2]. Numerous post-translational
modifications of TDP-43 have been described in the aggregates, such as abnormal polyu-
biquitination and hyperphosphorylation as well as partial proteolysis to form C-terminal
fragments [1,2,5,6].
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The TDP-43 protein contains 414 amino acid residues and the encoding gene TARDBP
is located on chromosome 1. It comprises an N-terminal domain (NTD, aa 1–76), a nuclear
localization signal (NLS, aa 82–98), two RNA recognition motifs (RRM1, aa 106–176, and
RRM2, aa 191–259), a nuclear export signal (NES, aa 239–250), and a C-terminal domain
(CTD, aa 274–414), which encompasses a prion-like glutamine/asparagine-rich (Q/N)
region (aa 345–366) and a glycine-rich region (aa 366–414) [7–12]. TDP-43 was first pro-
posed to be natively dimeric or at least to exist in a monomer-dimer equilibrium under
normal physiological conditions [13–16]. The dimerisation of TDP-43 was shown to occur
through interactions of the N-terminal domains, and these interactions were proposed to
be responsible for the dimerisation of the entire full-length protein [14–16]. It was also
found that the deletion of the N terminus, or even the first nine residues, is sufficient to
abolish NTD folding, dimerisation and the TDP-43–regulated RNA splicing [15]. With the
elucidation of the monomeric structure of NTD with NMR spectroscopy, models of the
dimer were proposed [12,17,18]. Later on, the NTD and full-length TDP-43 were found
to form oligomers beyond the dimer and that TDP-43 oligomerisation was necessary for
its function as mutants destabilising the NTD-NTD interface without affecting the NTD
folded structure inhibit the splicing activity of full-length TDP-43 expressed in cells [19,20].

Although NTD-mediated TDP-43 dimerisation/oligomerisation appears to be essen-
tial for TDP-43 function [14,15,19,20], extensive NTD-mediated TDP-43 oligomerisation
was also found to enhance the liquid-liquid phase separation (LLPS) at physiological
concentrations [20–22], as well as formation of solid phase cytotoxic inclusions in the
cytoplasm [15,23].

The NTD monomer consists of seven-eight β-strands and a single α-helix arranged
in an axin-1 DIX domain fold [12,17–20], which facilitates dimer formation and further
oligomerisation by a head-to-tail disposition of the individual subunits [19,20,24]. The
conformational stability of the domain, as measured by the hydrogen/deuterium exchange
at pH 3.8 and 25 ◦C, was found to be 15.9 ± 0.5 kJ mol−1 [12]. Using equilibrium urea
denaturation curves monitored with intrinsic fluorescence and far-UV circular dichroism
at pH 7.4 and 25 ◦C, higher conformational stability values of 20.1 ± 1.5 kJ mol−1 and
21.8 ± 1.5 kJ mol−1 were found, respectively [24], most probably due to the neutral pH
of the measurements. The β-strands, α-helix, and three of four turns are rigid, although
the loop formed by residues 47–53 appeared mobile [17]. All X-Pro peptide bonds adopt a
trans configuration and the two cysteine residues at positions 39 and 50 are reduced and
distantly separated on the surface of the protein [12,17,19,20].

The NTD of TDP-43 follows a folding process characterized by a series of steps [24].
The NTD unfolded state (U) consists of a pre-equilibrium between molecules having all
the X-Pro peptide bonds in a native trans configuration and others with one or more X-Pro
peptide bonds in a non-native cis configuration. The unfolded state U converts into a
collapsed state (CS), which then converts into the fully folded monomer (F) following
two parallel pathways: in the first CS converts directly to F, whereas in the second, CS
converts into an intermediate state (I) that is on-pathway to F. All these U, CS and I states
maintain the partition equilibrium between cis and trans-X-Pro peptide bonds, but folding
can occur only from molecules having all-trans X-Pro bonds. Once the fully folded state F is
attained, the NTD is able to dimerise into a head-to-tail homodimer that presents the further
ability to form higher molecular weight assemblies [24]. Following urea denaturation at
equilibrium, a native-like dimeric state was also detected at low urea concentrations (F*).
Moreover, the various NMR studies of TDP-43 NTD show spectral differences in the various
experimental conditions in which the protein domain is folded [10,12,14,17,18,20]. Overall,
these structural and folding studies have revealed that TDP-43 NTD is a highly plastic
protein able to adopt different conformational states.

In this work, we purified the NTD of TDP-43 and identified conditions to obtain
two conformational states of the protein—one that is fully folded, native and dimeric and
another, obtained through the use of a zwitterionic detergent Sulfobetaine 3-10 (SB3-10),
that presents a monomeric, alternative, non-native, partially folded structure. We will
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show that the SB3-10-stabilised conformational state of TDP-43 NTD retains a cooperative
fold and high conformational stability in spite of a remarkably different three-dimensional
structure but does not retain the ability to dimerise and has a remarkably lower propensity
to oligomerise and aggregate.

2. Results
2.1. The Alternative NTD Conformation Is Enriched with α-Helical Structure and Less
Densely Packed

The NTD of TDP-43, characterised by a 6x His-tag followed by TEV protease cleavage
site and the first 77 residues of TDP-43, was purified and found to be electrophoretically
pure. Initially, the structure and oligomerisation of the protein domain were studied in
5 mM sodium phosphate buffer, 50 mM NaCl, 1 mM dithiothreitol (DTT), pH 7.4, in the
absence or presence of 3.0% (w/v) SB3-10, at 25 ◦C. This zwitterionic detergent was initially
used to stabilize the protein domain during purification, as it is normally used in protein
purification protocols. However, we soon realized that it led to a different conformational
state of the protein domain and we, therefore, decided to use it more systematically to
investigate the structural plasticity of the TDP-43 NTD.

The far UV circular dichroism (CD) spectrum for the protein domain without SB3-10
featured two negative peaks at ca. 195 and 209 nm with a distinct small positive band
at 233 nm (Figure 1A). The obtained CD spectrum was very similar to the other TDP-43
NTD spectra reported in the literature [14,18,24]. It was also found to be stable within
24 h, as ten CD spectra recorded at regular time intervals within this timeframe were
superimposable and led to similar estimates of secondary structure types (Figure 1A, inset)
when analysed with the BeStSel algorithm, which takes into account sheet twisting as a
deconvolution parameter [25]. The secondary structure distribution is also in agreement
with the values deduced from the X-ray and NMR structures of this protein domain [19,20].
The CD spectrum of the protein domain with 3.0% SB3-10, on the other hand, exhibits two
negative peaks at ca. 207 nm and 224 nm and a positive peak at ca. 192 nm, thus showing a
higher α-helical content (Figure 1A). Similar, to the spectrum in 0.0% SB3-10, it was found
to be stable within 24 h but led to a different distribution of secondary structure types when
analysed with the BeStSel algorithm, with a higher content of α-helical structure at the
expense of the β-sheet structure, and a higher quantity of turns (p < 0.001, Figure 1A, inset).
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Figure 1. Structural characterization of TDP-43 NTD. Far-UV CD spectra (A), Intrinsic fluorescence
spectra (B) and Stern-Volmer assays (C) of TDP-43 NTD in 0.0% (blue) and 3.0% (red) SB3-10. All
SB3-10 percentages are w/v. The writings inside the panels indicate the values obtained for the
analysed parameters.

The intrinsic fluorescence spectrum of TDP-43 NTD in the absence of SB3-10 showed a
single peak at 319 nm, indicating a fully folded structure, with the Trp68 residue well buried
in the hydrophobic core of the protein (Figure 1B). In 3.0% SB3-10, the intrinsic fluorescence
increased in intensity and underwent a red-shift to 339 nm, showing a Trp68 residue more
exposed to the solvent and a partially folded structure (Figure 1B). The degree of solvent
exposure of the Trp68 residue of TDP-43 NTD was also studied using a Stern–Volmer assay
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with acrylamide as a quencher (Figure 1C). TDP-43 NTD treated with 0.0% SB3-10 showed
a linear plot of F0/F versus acrylamide concentration with a KSV value of 8.8 ± 0.3 M−1,
while TDP-43 NTD treated with 3.0% SB3-10 showed a non-linear plot, with a KSV value of
14.3 ± 0.6 M−1 and a KST value of 4.5 ± 0.2 M−1 (Figure 1C). The higher KSV value (p < 0.01)
and the presence of a static quenching component (KST) indicate a greater exposure of the
Trp68 residue to the solvent for the protein domain in 3.0% SB3-10.

2.2. The Alternative NTD Conformation Studied with NMR Is Highly Dynamic

We then performed an NMR analysis on the 15N and 13C labelled protein domains in
both conditions. The 1H-15N HSQC spectrum in 3% (w/v) SB3-10 shows a low degree of
resonance spreading, typical of 〈-helix rich and partially folded proteins (Figure 2A), in
contrast to the HSQC spectrum of the native NTD in 0% SB3-10 previously shown [17,18,20]
and here analysed as a control (Figure S1). At 25 ◦C, 84 backbone amide peaks can be
observed in the HSQC spectrum in 3% SB3-10 and at 17 ◦C, this number raises to 99
(Figure S2). Considering that the NTD has 72 non-proline residues, we infer that some
residues exhibit multiple forms. Seven backbone peaks could not be unambiguously
assigned (E21, R44, N45, C50, M51, R55 and L56). Thirteen alternative forms were assigned.
Four of them were found to be related to C39 oxidation (A33, A38, L41, R42) because DTT
addition led to a decrease in the peak intensities of the second form (Figure S3A). Cα/β
chemical shift values of C39 are however compatible with the absence of a disulphide bond,
indicating a different type of thiol oxidation. The other nine residues were not affected by
the addition of DTT and are residues 24–29, 59–60 and 63 that form a well-defined cluster in
the native structure (Figure S3B), indicating structural mobility at these sites. In particular,
three forms were detected for A63. Spectra acquired at low temperature (17 ◦C) show that
one of the two conformations (hereinafter referred to as form A) is poorly populated relative
to form B, whereas it becomes more populated as the temperature increases suggesting an
equilibrium between the two species. 1H, 13C and 15N chemical shifts have been deposited
in the BioMagResBank (http://www.bmrb.wisc.edu, accessed on 14 June 2022) under the
BMRB accession number 51492.

Based on chemical shift values, we assessed the secondary structure composition by
Talos+ [26], chemical shift index (CSI) [27], and Secondary Structure Propensity (SSP) [28].
All methods confirmed, in agreement with the CD analysis, the increase in α-helical
structure and the concomitant decrease in β-sheet structure. In addition to the 28–33 helix,
which adopts a helical structure in native NTD as well, other two non-native helices were
found in the N-terminal and C-terminal domains (Table S1, Figures 2B and S4). Moreover,
form A was found to have a longer helix 26–33, starting from residue 26 rather than residue
28. A consensus prediction of extended conformation for residues 16–18, the central portion
of ®-strand 2 in native NTD, was found for the three predictive methods. In native NTD
β-strand 2 forms an antiparallel β-sheet with ®-strand 1 that, according to CSI (Table S1)
and SSP analysis (Figure S4), also shows a propensity for ®-strand conformation, although
with a low score, in agreement with the little antiparallel β-sheet structure observed with
far-UV CD (10.6 ± 2.3%). Talos+ analysis indicates that those strands of the protein are
highly dynamic with random coil indexes (RCI) below or equal to 0.7 (Figure 2C).

We also recorded 1H-15N HSQC spectra at different temperature values from 17 to
39 ◦C (Figure S6). The slope of the variation of the peak chemical shift as a function of
temperature reveals whether or not the amide group is involved in a hydrogen bond; in
particular, a slope < −4.5 ppb/K reveals a hydrogen bond [29]. Because of the overlap of
some peaks, it was not possible to extract this information for all the assigned residues. The
hydrogen bond pattern is largely consistent with the secondary structure obtained from
CSI and Talos+ analysis (Table S1 and Figure S5).
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NOE value and the NOE value expected for a rigid structure (0.82) [30], respectively.
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The nature of this alternative TDP-43 NTD conformation in 3% (w/v) SB3-10 was also
studied by 15N{1H} NOE experiments [30]. The average NOE value calculated over the
sequence is quite low (0.42 ± 0.18, maximum value 0.69) and the predicted structured
regions also show NOE values lower than expected (Figure 2D), confirming the overall
dynamic nature of this conformation. Furthermore, form B presents slightly lower NOE
values. Experimental NOEs and predicted RCIs are in agreement and report reduced
flexibility in the structured regions (at the termini and the central helix) and high mobility
in the regions encompassing residues 6–19 and 46–67. By decreasing the temperature
from 25 to 17 ◦C, we observed a remarkable increase in the NOE values in the 39–42
region (Figure S6). This region lacks a secondary structure, as inferred from NMR chemical
shifts, but in the native conformation, it has an extended secondary structure (Table S1 and
Figure 2B). Residues R6 and V57 also decrease significantly their flexibility at 17 ◦C and
both are involved in the formation of β-strands in the native conformation.

2.3. The Alternative NTD Conformation Is a Monomer

The hydrodynamic diameters of both TDP-43 NTD conformations were determined
using dynamic light scattering (DLS). The distribution of light scattering intensity vs. the
apparent hydrodynamic diameter revealed that TDP-43 NTD in the absence of SB3-10 has
a monodispersed distribution with a hydrodynamic diameter of 5.1 ± 0.3 nm, while in
the presence of 3.0% SB3-10, the hydrodynamic diameter was 4.7 ± 0.2 nm (Figure 3A).
The hydrodynamic diameters expected for the TDP-43 NTD devoid of any tag are 3.23 and
4.28 nm for folded monomer and dimer, respectively [24]. Since our TDP-43 NTD has an
additional unfolded tag, it can be concluded that native TDP-43 NTD in 0.0% SB3-10 occurs
as a folded dimer, possibly adopting a higher-order oligomer. By contrast, the decrease of
the hydrodynamic diameter of the protein domain from 5.1 ± 0.3 nm to 4.7 ± 0.2 nm upon
SB3-10 addition, concomitantly with its partial unfolding suggested by the CD, fluorescence
and NMR analyses reported above, suggests that the protein domain is a partially folded
monomer in 3.0% SB3-10.
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exclusion chromatography (SEC) profiles (B) and FRET analyses (C) of TDP-43 NTD in 0.0% (blue)
and 3.0% (red) SB3-10. All SB3-10 percentages are w/v. In panel (B) the inset shows the calibration
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line), NTD-A (dotted line), NTD-D/NTD-A (continuous line) and the algebraic sum of the first
two spectra (mixed orange dotted/dashed line). The writings inside the panels indicate the values
obtained for the analysed parameters.

The two different conformations were then studied using analytical SEC. The elution
volume (Ve) peak was 16.7± 0.3 mL in 0.0% SB3-10 (Figure 3B, blue). Through the use of the
calibration curve obtained with folded proteins of known mass (Figure 3B, inset, blue), this
Ve was found to correspond to a molecular mass of 20.2 ± 2.6 kDa, closer to that of a dimer
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rather than a monomer (expected molecular weights of 22.2 and 11.1 kDa, respectively).
This is in agreement with previous SEC studies [24]. The alternative form in 3.0% SB3-
10 eluted as a major peak at 16.0 ± 0.3 mL preceded by a minor one at 14.9 ± 0.3 mL
(Figure 3B, red). Using the same analysis with a calibration curve corrected for partially
unfolded (pre-molten globule) standard proteins (Figure 3B, inset, red), a molecular weight
of 11.4 ± 1.7 kDa was obtained for the major peak, confirming its monomeric state.

Lastly, Förster Resonance Energy Transfer (FRET) was used to further investigate
the conformational state of the TDP-43 NTD in 3.0% SB3-10. Since the NTD has two
cysteine residues at position 39 and 50, a mutant that maintained only Cys39 was puri-
fied, namely C50S. This C50S mutant was labelled with the thiol-reactive probes 5-((((2-
iodoacetyl)amino)ethyl)amino)naphthalene-1-sulfonic acid (1,5-IAEDANS) as a donor (D)
and 6-iodoacetamidofluorescein (6-IAF) as an acceptor (A). FRET analysis was then per-
formed acquiring the fluorescence spectra of the samples containing only NTD-D, only
NTD-A and both NTD-D and NTD-A at a 1:1 molar ratio (Figure 3C, dashed, dotted and
continuous red lines, respectively). The spectrum obtained from the algebraic sum of the
first two spectra (Figure 3C, mixed dotted/dashed orange line) was found to be superim-
posable to the third spectrum (Figure 3C, continuous red line). Hence, unlike the TDP-43
NTD head-to-tail dimer previously studied in 0.0% SB3-10, in which significant FRET was
observed [24], in the presence of 3.0% SB3-10 FRET was not observed, further confirming
the monomeric state of the alternative TDP-43 NTD conformation.

2.4. Alternative NTD Exhibits a Lower Cooperativity Than Native NTD

The conformational stabilities of the two forms of TDP-43 NTD were analysed by
means of intrinsic tryptophan fluorescence and using GdnHCl as a chemical denaturant
(Figure 4). 30 samples containing TDP-43 NTD and GdnHCl concentrations ranging from
0.0 to 5.0 M were prepared and their tryptophan emission spectra were recorded. The analy-
sis was then repeated adding 3.0% SB3-10 in all samples. Afterwards, the ratio between the
fluorescence values in two distinct regions of wavelength was measured for each spectrum
and the obtained ratio was plotted as a function of the molar concentration of GdnHCl
(Figure 4). In both cases, the GdnHCl-induced denaturation of TDP-43 NTD follows a two-
state equilibrium and can be fitted to the model edited by Santoro and Bolen [31]. The results
of the analysis with 0.0% SB3-10 yielded values of 22.3±1.4 kJ/mol, 8.7 ± 0.6 kJ/(mol M)
and 2.6 ± 0.2 M for ∆GH20

U−F, meq and Cm, respectively (Figure 4A). The ∆GH20
U−F value is

identical, within experimental error (p > 0.05), to that obtained previously for the same
protein domain using urea as a chemical denaturant, i.e., 21.8 ± 1.5 kJ/mol [24]. For TDP-
43 NTD treated with 3.0% SB3-10, values of 19.2 ± 3.3 kJ/mol, 5.7 ± 1.2 kJ/(mol M) and
3.4 ± 0.2 M were obtained for the same parameters, respectively (Figure 4B). The two sets of
values indicate a cooperative transition in both cases, with significantly lower cooperativity
for the alternative conformation in 3.0% SB3-10, as indicated by a meq value decreased by
35 ± 15% (p < 0.05) relative to that measured in its absence. This reduction indicates an
increase in the solvent-exposed surface area. The overall stability is also lower with the
∆GH20

U−F value decreasing by ca. 3 kJ/mol, although the difference does not reach statistical
significance in this case.

2.5. The Native-to-Alternative NTD Transition Is Reversible and Associated with SB3-10
Micelle Formation

In order to investigate the existence and reversibility of a possible transition between
the two conformations in 0.0% and 3.0% SB3-10, intrinsic fluorescence spectra were recorded
treating TDP-43 NTD with increasing concentrations of SB3-10 from 0.0% to 3.0%. The data
show that starting from a concentration of ca. 0.6% SB3-10 there is a sharp increase in the
fluorescence intensity up to ca. 1.4% (Figure 5A). It is also possible to see a red-shift of the
wavelength of maximum fluorescence from 319 nm to 339 nm, within the same range of
SB3-10 concentration (Figure 5A). The centre of spectral mass (COM) for each spectrum
was calculated and the COM was plotted vs. SB3-10 percent concentration (Figure 5B).
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The SB3-10-induced conformational change of TDP-43 NTD follows an apparent two-state
equilibrium and can be fitted to the model edited by Santoro and Bolen [31]. The results of
this analysis yielded values of 16.0 ± 1.6 kJ/mol, 16.2 ± 1.4 kJ/(mol M) and 0.98% (w/v)
for ∆GH20

U−F, meq and Cm, respectively. Spectra recorded at 0.6% SB3-10 at the same protein
concentration, before and after the protein was incubated at 1.8% SB31-0 for 1 h, were
essentially superimposable indicating the reversibility of the transition.
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Figure 4. GdnHCl-induced denaturation curves of TDP-43 NTD. The curves refer to TDP-43 NTD in
0.0% (A) and 3.0% (B) SB3-10. All SB3-10 percentages are w/v. The ratio between the fluorescence
values observed at the indicated wavelength windows, in which fluorescence emission was marked at
high and low GdnHCl concentrations, respectively, was obtained at each GdnHCl concentration and
plotted as a function of the GdnHCl concentration. Data were analysed with a best-fitting procedure
using the two-state model equation [31]. The writings inside the panels indicate the values obtained
for the analysed parameters.

In order to explore if the conformational transition observed for TDP-43 NTD upon
addition of SB3-10 was due to the formation of micelles by this compound, the solution
containing 3.0% SB3-10 without TDP-43 NTD was analysed using DLS (Figure 5C). The
distribution of light scattering intensity vs. the apparent hydrodynamic diameter revealed
that at 3.0% SB3-10 the formation of micelles was evident, with a monodispersed distribu-
tion and a hydrodynamic diameter of 3.87 ± 0.05 nm. The overall intensity of scattered
light was one order of magnitude lower than that observed when the protein was present
under the same solution conditions, ruling out that the size distribution reported for the
protein in Figure 3A is dominated by SB3-10. The SB3-10 concentration-dependent forma-
tion of the micelles was then studied by monitoring the light scattering intensity of the
solution with an increasing concentration of SB3-10 in the absence of protein (Figure 5D).
The distribution of light scattering intensity vs. SB3-10 percent concentration revealed that
micelles begin to form starting from a concentration of 0.6% and then increase stabilizing at
1.4%, with a midpoint around 1.0%. It therefore appears that the SB3-10-induced conforma-
tional transition of TDP-43 NTD monitored with intrinsic fluorescence and the formation
of SB3-10 micelles monitored with light scattering are fully superimposable, indicating
that the conformational transition of this protein domain is induced by the formation of
SB3-10 micelles.
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Figure 5. SB3-10-induced denaturation curve of TDP-43 NTD. (A) Fluorescence spectra of TDP-43
NTD (excitation 280 nm) at the indicated SB3-10 percentages (w/v). (B) Plot of spectral COM versus
SB3-10 percentage (w/v). Data were analysed with a best-fitting procedure using the two-state model
equation [31]. (C) Representative DLS distribution of a solution containing 3.0% (w/v) SB3-10 in the
absence of protein. Similar distributions were obtained at all SB3-10 percentages analysed here, using
a fixed attenuator and measurement position on the instrument. (D) Plot of light scattering intensity
as a function of the SB3-10 percentage (w/v) in the absence of protein, using a fixed attenuator and
measurement position on the instrument.

2.6. Alternative NTD Has a Lower Propensity to Aggregate

Native NTD is known to oligomerise in a head-to-tail fashion at sufficiently high
concentrations, well beyond the dimer [19,20]. Such oligomers represent a functional state
of the NTD [19,20], but extensive and uncontrolled oligomerisation leads liquid–liquid
phase separation and possibly inclusion formation of the full-length protein [20,22]. Using
analytical ultracentrifugation (AUC), an isodesmic dissociation constant of 40 µM was
found for the native NTD oligomers [20]. In order to investigate the oligomerisation
process of TDP-43 NTD in the absence of SB3-10, NTD was incubated at a concentration of
0.5 mg/mL (45 µM), in 5 mM sodium phosphate buffer, 50 mM NaCl, 1 mM DTT, pH 7.4,
25 ◦C, which are solution conditions known to promote oligomerisation [20,32].

Under these conditions, the size distribution by light scattering intensity showed
initially (0 h) a significant amount of dimeric or low molecular weight oligomeric state but
also high molecular weight species (Figure 6A,E). Since light scattering intensity scales with
the square of the mass, the latter species are initially quantitatively negligible. However,
prolonged incubation leads to the slow decay of the Gaussian curve associated with the
dimer/oligomer, until it disappears after 3 h (Figure 6A,E). A similar decay was observed
in the presence of small concentrations of SB3-10, up to 0.6%, that is in the pre-transition
region of the conversion between the two conformational states studied here, when the
protein domain maintains initially its native folded state (Figure 6B,F). The apparent rate
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constant of decay of the DLS peak did not change significantly with SB3-10 concentration
(Figure 6I, r = 0.433, p > 0.05), nor was the light scattering intensity associated with this
species at time 0 h found to correlate significantly with SB3-10 concentration (Figure 6I,
r = 0.303, p > 0.05).
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Figure 6. Aggregation kinetics of TDP-43 NTD at different SB3-10 percent concentrations monitored
with DLS. (A–D) Size distributions of TDP-43 NTD (0.5 mg/mL, 45 µM) in 5 mM sodium phosphate
buffer, 50 mM NaCl, 1 mM DTT, pH 7.4, 25 ◦C, in the presence of 0.0% (w/v) SB3-10 (A), 0.6%
(w/v) SB3-10 (B,C), 3.0% (w/v) SB3-10 (D), after 0 h (continuous lines), 3–6 h (dashed lines) and
24 h (dotted lines). (E–H) Light scattering intensity associated with the initial state (low-molecular
weight monomer/dimer/oligomer) of TDP-43 NTD versus time. Conditions as in the corresponding
top panels. In panels (C), (G) TDP-43 NTD was pre-incubated in 1.8% (w/v) SB3-10 for 1 h and
then diluted to 0.6% (w/v) SB3-10 at the same final conditions as in panels (B,F). (I) Light scattering
intensity associated with initial state (circles), and apparent rate constant of decay of initial state
(triangles), versus SB3-10 percentage (w/v). The empty symbols refer to the sample pre-incubated
in 1.8% (w/v) SB3-10 for 1 h and then diluted to 0.6% (w/v) SB3-10. Horizontal lines indicate mean
values. All data were acquired using a fixed attenuator and measurement position on the instrument.

In another experiment, NTD was treated differently: starting from the native con-
formation in 0.0% SB3-10, the protein domain was brought to 1.8% SB3-10 for 1 h, i.e., in
the post-transition region in which it adopts the alternative monomeric conformational
state, and then diluted down to 0.6% SB3-10, under final protein concentration and solu-
tion conditions identical to those of the previous experiments (Figure 6C,G). In this case,
the decay of light scattering associated with the low molecular weight peak was slower,
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with a rate constant 4-fold lower than that observed under identical final conditions but
without the intermediate incubation in 1.8% SB3-10 for 1 h (Figure 6I). The rate constants
values were indeed 1.03 ± 0.19 h−1 and 0.24 ± 0.04 h−1, without and with preincubation
in 1.8% SB3-10, respectively (p < 0.01). In other words, the NTD that adopted transiently
the alternative monomeric conformation in 1.8% SB3-10 was found to aggregate, in 0.6%
SB3-10, more slowly than the NTD brought to 0.6% SB3-10 directly, in spite of otherwise
identical final conditions.

In the presence of 3.0% SB3-10, i.e., in the post-transition region when the protein
adopts the alternative monomeric conformational state, the size distribution was dominated
at time 0 h by a single monomeric peak, accounting for ca. 92% of light scattering intensity,
which then disappeared slowly (Figure 6D,H). The decay occurred in this case with an
apparent rate constant 4-fold lower (0.25 ± 0.04 h−1) than that observed in 0.0–0.6% SB3-10
(1.03 ± 0.19 h−1, p < 0.01), but apparently identical to that observed in 0.6% SB3-10 with
intermediate incubation in 1.8% SB3-10 (0.24 ± 0.04 h−1, p > 0.05) (Figure 6I).

2.7. Aggregation of Either NTD Conformation Is Not Associated with Detectable
Structural Variation

In order to monitor the occurrence of possible structural changes of NTD during the
time-dependent self-assembly of the dimer or low molecular weight oligomers monitored
with DLS at low SB3-10 concentrations (0.0–0.6%) or of the monomeric alternative con-
formational state at higher SB3-10 concentrations (>1.6%) we recorded far-UV CD and
intrinsic fluorescence spectra of the same protein samples analysed with DLS (same protein
concentrations, solution conditions, time points).

The far-UV CD spectra obtained in 0.0%, 0.2% and 0.6% SB3-10 did not show sig-
nificant variations with time; in agreement, intrinsic fluorescence did not change with
time within this range of concentrations, maintaining the characteristic peaks of the native
fully folded state (Figure S7A–D), thus indicating a native-like oligomerisation. Simi-
larly, the far-UV CD spectra obtained in 1.8% and 3.0% SB3-10 did not show detectable
changes with time, maintaining the characteristic peaks of the alternative partially folded
state (Figure S7E,F). In 0.6% SB3-10 the spectra were similar without (Figure S7C) or with
(Figure S7D) the intermediate 1 h incubation in 1.8% SB3-10, indicating the reversibility of
secondary structure changes undergone by the protein.

The intrinsic fluorescence spectra in 0.0%, 0.2% and 0.6% SB3-10 maintained a λmax
value at ca. 319 nm during self-assembly, indicating the maintenance of the overall exposure
of Trp68, typical of the fully folded state (Figure S8A–D). Similarly, the spectra in 1.8%
and 3.0% SB3-10 maintained the λmax value at ca. 339 nm during aggregation, which is
typical of the alternative conformational state, indicating again a process of self-assembly in
which the protein molecules maintained a similar exposure of Trp68 (Figure S8E,F). Similar
to the CD analysis, in 0.6% SB3-10 the spectra were similar without (Figure S8C) or with
(Figure S8D) the intermediate 1-h incubation in 1.8% SB3-10. A slight progressive decrease
in intrinsic fluorescence was observed under all the conditions studied, attributable to the
increasing light scattering as larger assemblies accumulate.

2.8. NTD Aggregation Does Not Lead to Formation of Cross-β Structure

We then assayed the ability of the TDP-43 NTD samples, obtained under the various
conditions tested, to bind the ThT dye and increase its fluorescence at 485 nm, which is
typical of amyloid protein aggregates. The sample in 0.0% SB3-10 was found to have a
fluorescence value F identical to that of free ThT in the absence of protein F0 (Figure 7).
A very small increase in ThT fluorescence F relative to the F0 value was observed in all
the remaining conditions after 6 h, but the increase (F0/F) was generally lower than 1.25
(Figure 7). The samples in 3.0% SB3-10 aged beyond 6 h were found to increase the ThT
fluorescence to higher extents, typically between 1.25 and 1.4 (Figure 7). This is in sharp
contrast with the over 5-fold fluorescence increase expected for amyloid [33,34], ruling out
the formation of amyloid-like species for TDP-43 NTD under these experimental conditions.
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43 NTD (n = 3, mean ± SEM). Differences were in some cases statistically significant relative to the 
first sample in 0.0% SB3-10 at 6 h but considered to be non-relevant because an increase of the F/F0 
value is expected to be at least 5-fold for amyloid (see text for details). 
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Figure 7. Thioflavin T (ThT) assay of TDP-43 NTD at different SB3-10 percent concentrations. TDP-43
NTD (0.5 mg/mL, 45 µM) in 5 mM sodium phosphate buffer, 50 mM NaCl, 1 mM DTT, pH 7.4, 25 ◦C,
in the presence of the indicated SB3-10 percent concentrations (w/v) and time points. ThT assay was
performed with excitation at 440 nm and fluorescence emission at 450–600 nm and reported as the
ratio between ThT fluorescence at 485 nm in the presence (F) and absence (F0) of TDP-43 NTD (n = 3,
mean ± SEM). Differences were in some cases statistically significant relative to the first sample in
0.0% SB3-10 at 6 h but considered to be non-relevant because an increase of the F/F0 value is expected
to be at least 5-fold for amyloid (see text for details).

3. Discussion

The NTD of TDP-43 is able to dimerise with a head-to-tail arrangement into a dimeric
structure that has been solved by both NMR and X-ray crystallography [19,20]. Follow-
ing the head-to-tail interaction, this process does not terminate at the dimeric level but
proceeds to form larger oligomers [19,20]. The role of NTD dimerisation and oligomeri-
sation in the aggregation process of full-length TDP-43 is still discussed. It has been pro-
posed to be responsible for the oligomerisation of the entire full-length protein [12,14–20].
Oligomerisation of full-length TDP-43 mediated by the NTD is essential for TDP-43
function [14,15,19,20], but also favours liquid–liquid phase separation and solid-phase
inclusion formation of the full-length protein [20–22]. The structural plasticity of the TDP-
43 NTD resulting in its in dimerisation/oligomerisation is also observed in its folding
process from a fully unfolded state, in which the protein domain forms a number of par-
tially folded states before achieving the fully folded dimeric structure, and even populates,
at low denaturant concentrations, a native-like dimeric state distinct from the fully native
dimeric conformation [24]. Such conformational heterogeneity is also witnessed by NMR
spectral differences in the various experimental conditions in which the protein domain is
folded [10,12,14,17,18,20].

The use of very small SB3-10 percent concentrations, typically in the range of 1.4–3.0%
(w/v), has allowed us to isolate a stable and well-defined alternative conformation. While
the native conformation in the absence of SB3-10 presents a far-UV CD spectrum compara-
ble to those reported in the literature [14,18,24], the alternative one has a different spectrum
characterized by a higher content of α-helical structure, a lower content of β-sheet structure
and a slightly higher content of turns. NMR spectroscopy confirmed these observations
(discussed below). The intrinsic fluorescence spectrum and Stern–Volmer assay also in-
dicate that the Trp68 residue is more exposed to the solvent in this new conformational
state relative to the native structure. The DLS, SEC and FRET analyses all indicate that
the NTD in 3.0% SB3-10 is a monomer, unlike the native dimer populated in the absence
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of this detergent but under identical conditions in terms of protein concentration and
solution conditions.

The NMR spectral properties of the SB3-10 dependent conformational state differ from
those previously observed for the native NTD, as it clearly appears from the low resonance
spreading of its HSQC spectrum. In particular, the NMR characterisation indicates the
presence of a partially unfolded state together with the conservation of the native α-helix
and of the native antiparallel β-sheet contributed by strands 1-2, although the latter is
remarkably more dynamic than the native one (Figure 8A,B). On the basis of chemical
shift values, two other non-native α-helices located in the N- and C-termini are detected
encompassing residues 1–4 and 68–77, respectively (Figure 8A,B). Moreover, the first part
of the central native helix along with the preceding β-strand (residues 24–29) and other
spatially close residues that in the native structure faces this portion (residues 59,60,63)
form a cluster that is present in two different forms in equilibrium, named here A and B
(Figure 8A,B). The intensity of the two forms is temperature dependent, suggesting that
the two forms might be related to two conformers with different compactness. For some
residues, the two forms show an NH combined chemical shift difference quite marked
(between 0.25 and 0.94 ppm) indicating a different chemical environment that reflects
distinct conformations and also indicates structure formation under these conditions for at
least one form.

The alternative conformation adopted in 3.0% (w/v) SB3-10 is able to return to its
initial native conformation if diluted to a smaller concentration of detergent, conditions
in which the native conformation is stable, showing how this process is fully reversible.
Its conformational stability (∆GH20

U−F) in 3.0% SB3-10 is only approximately 3 kJ/mol lower
than that of the native conformation in 0.0% SB3-10, as determined with GdnHCl-induced
equilibrium denaturation. The meq value, which reports on the cooperativity of the GdnHCl-
induced unfolding transition and on the change of solvent-exposed surface area (∆ASA)
upon unfolding, is 35 ± 15% lower than that of the native state but is sufficiently high
to indicate a cooperative transition. The lower meq value suggests, however, significantly
lower cooperativity, possibly due to the increase of the surface area exposed to the solvent
in the folded alternative conformation compared to the folded native conformation.

In our time-dependent aggregation assays, we observed a slow, yet detectable, ag-
gregation in the sample left untreated with SB3-10 and in those samples in which the
concentration of the detergent was kept low. In both cases, the disappearance of the low
molecular weight species (either monomeric, dimeric or oligomeric) was not accompanied
by detectable changes in the far-UV CD and intrinsic fluorescence spectra, indicating the
maintenance of the initial conformational states in both cases and further supporting the
notion that TDP-43 NTD self-assembly consists in a native-like aggregation process similar
to that observed for other proteins [35–39]. Aggregation is slower in 3.0% (w/v) SB3-10,
but this effect cannot be attributed necessarily to the SB3-10-mediated conformational
change of the TDP-43 NTD, as it may well arise from the effect of the detergent in the
formation of intermolecular interactions. However, when the aggregation processes were
compared with and without pre-incubation with 1.8% (w/v) SB3-10, but with an identical
final SB3-10 concentration of 0.6% (w/v) promoting the native state, a slower aggregation
was observed in the NTD sample pre-incubated in SB3-10, in spite of the rapid reversibility
of the conformational change and the native conformation adopted by the protein domain
in both cases. This can be attributed to the ability of the condition promoting temporarily
the alternative conformation to monomerise the protein and disrupt any intermolecular
interaction (Figure 8C). Under physiological conditions, the native monomers, dimers
and oligomers exist initially in a pre-equilibrium where the mutual conversions are slow
(Figure 8, left). This condition is favourable for aggregation as dimers and oligomers are
present already. The alternative state has a very low propensity to oligomerise (Figure 8C,
centre), but the lower propensity of the native state to oligomerise and self-assemble is
maintained when the alternative state is re-located under native conditions to form the
native state (Figure 8C, right) because the conversion to dimers and oligomers is slow.
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trate residues adopting multiple forms (green), α-helical structure (red), antiparallel β-sheet struc-
ture (blue) and highly disordered structure or loops (grey) in the alternative conformation studied 
here in 3% (w/v) SB3-10. (B) Proposed model of the same alternative conformation of TDP-43 NTD 
in 3% (w/v) SB3-10, colour coded as in panel (A). Orientation of helices, β-sheet and loops in the 
images is arbitrary as the relative orientation of secondary structure elements has not been at-
tempted. (C) Scheme showing that TDP-43 NTD has a low propensity to dimerise/oligomerise in 
the alternative conformation. N and A indicate the native and alternative conformational states, 
respectively. N monomers, dimers and oligomers are initially pre-equilibrated (slow conversions). 
A is a monomer. The lower propensity of TDP-43 NTD to oligomerise and self-assemble is main-
tained when A is re-located in native conditions to form N (right) because the conversion to dimers 
and oligomers is slow. 

The alternative conformation adopted in 3.0% (w/v) SB3-10 is able to return to its in-
itial native conformation if diluted to a smaller concentration of detergent, conditions in 
which the native conformation is stable, showing how this process is fully reversible. Its 

Figure 8. (A) NMR structure of monomeric native TDP-43 NTD (PDB ID 5x4f) colour coded to
illustrate residues adopting multiple forms (green), α-helical structure (red), antiparallel β-sheet
structure (blue) and highly disordered structure or loops (grey) in the alternative conformation
studied here in 3% (w/v) SB3-10. (B) Proposed model of the same alternative conformation of TDP-43
NTD in 3% (w/v) SB3-10, colour coded as in panel (A). Orientation of helices, β-sheet and loops
in the images is arbitrary as the relative orientation of secondary structure elements has not been
attempted. (C) Scheme showing that TDP-43 NTD has a low propensity to dimerise/oligomerise
in the alternative conformation. N and A indicate the native and alternative conformational states,
respectively. N monomers, dimers and oligomers are initially pre-equilibrated (slow conversions). A
is a monomer. The lower propensity of TDP-43 NTD to oligomerise and self-assemble is maintained
when A is re-located in native conditions to form N (right) because the conversion to dimers and
oligomers is slow.

Under conditions in which the alternative conformational state was observed (3.0%
SB3-10), the critical micellar concentration (CMC) of the detergent was largely exceeded,
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leading to hypothesize that the NTD conformational change was induced by the newly
formed SB3-10 micelles. The SB3-10 titration of the TDP-43 NTD structural change moni-
tored spectroscopically, on the one hand, and of the SB3-10 micelle formation monitored
with light scattering intensity, on the other hand, indicate that the two transitions coincide
as they start and end at identical SB3-10 concentrations and also have similar transition
midpoints. This indicates that the structural change of TDP-43 NTD is driven by SB3-10
micelle formation. Therefore, the role of biological micelles formed intraneuronally can be
decisive in this regard and promote structural conversions into alternative conformations of
TDP-43 NTD that may resist oligomerisation, LLPS and inclusion formation, also affecting
the full-length protein.

4. Conclusions

The results presented here show that small concentrations of SB3-10 are able to pro-
mote an alternative conformational state of the NTD of TDP-43, highlighting its high
structural plasticity. This new conformational state exhibits a different secondary struc-
ture, hydrophobic packing, size and oligomerisation state from the fully native state, but
presents a fold with cooperativity and conformational stability only slightly lower than
those of the native state. The solution conditions explored here represent a valid strategy
to stabilize the NTD of TDP-43 as a monomer and this may be helpful to gain a better
understanding of TDP-43 biological functions and its role in ALS and FTLD pathology.
Furthermore, we speculate that the alternative NTD conformation might also form in vivo
since biological micelles are normally found in neurons. This may be of physiological
relevance, as this distinct conformational state might act differently in terms of functional
oligomerisation and pathological aggregation also in vivo, although this awaits experimen-
tal demonstration. It could be interesting to further investigate the role of micelles in the
monomerization and conformational change of the TDP-43 NTD and to explore if they are
able to affect also the full-length protein. Our ability to stabilize TDP-43 in the monomer
state is achievable and its employment for studies and approaches in vivo could be useful
for future scientific applications.

5. Materials and Methods
5.1. Chemicals

SB3-10, acrylamide and ThT were from Sigma-Aldrich (St. Louis, MO, USA). DTT was
from Thermo Fisher Scientific (Waltham, MA, USA).

5.2. Gene Cloning, Expression and Purification

Gene cloning, expression and purification of TDP-43 NTD and the Cys50Ser (C50S)
single-point mutant were performed as previously described [24]. The purified protein
contained 77 residues and the MHHHHHHSSGVDLGTENLYFQS sequence fused to the
N-terminus for a total of 99 residues. It was maintained at 1.6–3.0 mg/mL (150–270 µM) in
5 mM sodium phosphate buffer, 50 mM NaCl, 1 mM DTT, pH 7.4, −20 ◦C. Protein purity
was checked with SDS page. Protein concentration was measured using a SHIMADZU
UV-1900 UV-Vis spectrophotometer at a wavelength of 280 nm with an extinction coefficient
(ε280) of 12,950 M−1 cm−1.

5.3. Far-UV Circular Dichroism Spectroscopy

The TDP-43 NTD sample was centrifuged at 18,000× g for 15 min, 4 ◦C, and diluted
to prepare two samples containing 0.5 mg/mL (45 µM) NTD, in 5 mM sodium phosphate
buffer, 50 mM NaCl, 1 mM DTT, pH 7.4, one in the absence and the other in the presence of
3.0% (w/v) SB3-10. Spectra were acquired at 25 ◦C in the far-UV between 190 and 260 nm
using a 0.1 mm path length cell on a Jasco J-810 spectropolarimeter (Tokyo, Japan) equipped
with a thermostated cell holder attached to a Thermo Haake C25P water bath (Karlsruhe,
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Germany). Spectra were then blank subtracted, truncated when the high tension (HT)
signal was higher than 700 V and normalized to mean residue ellipticity using

[θ] =
θ(

10 × N residues × optical path × concentration
molecular weight

)

where [θ] is the mean residue ellipticity in deg cm2 dmol−1, θ is the ellipticity in mdeg, the
optical path is in cm, concentration is in g/L, and the molecular weight is in g/mol.

5.4. Fluorescence Spectroscopy

The TDP-43 NTD sample was centrifuged at 18,000× g for 15 min, at 4 ◦C, and two
samples containing 0.5 mg/mL (45µM) NTD, in 5 mM sodium phosphate buffer, 50 mM
NaCl and 1 mM DTT, pH 7.4, were prepared, one in the absence and the other in the
presence of 3.0% SB3-10. Fluorescence spectra were acquired at 25 ◦C from 290 to 500 nm
(excitation at 280 nm) using a 3 × 3 mm black wall quartz cell cuvette on an Agilent Cary
Eclipse spectrofluorimeter (Agilent Technologies, Santa Clara, CA, USA) equipped with
a thermostated cell holder attached to an Agilent PCB 1500 water Peltier system (Agilent
Technologies, Santa Clara, CA, USA). Excitation and emission slits were 5 nm. Spectra were
then blank subtracted.

5.5. Acrylamide Quenching Experiment

The TDP-43 NTD sample was centrifuged at 18,000× g for 15 min, at 4 ◦C, and two
1 mL samples containing 0.05 mg/mL (4.5 µM) NTD, in 5 mM sodium phosphate buffer,
50 mM NaCl and 1 mM DTT, pH 7.4, were prepared, one in the absence and the other in
the presence of 3.0% SB3-10. For each sample, a first fluorescence spectrum was acquired at
25 ◦C from 300 to 420 nm (excitation at 280 nm) using a 10 × 4 mm quartz cuvette under
magnetic stirring on an Agilent Cary Eclipse spectrofluorimeter (Agilent Technologies,
Santa Clara, CA, USA) equipped with a thermostated cell holder attached to an Agilent
PCB 1500 water Peltier system. Excitation and emission slits were 5 nm. Then, 5 µL of
1 M acrylamide was added directly to the cuvette and another spectrum was recorded.
This step was repeated 15 times. For each recorded spectrum, the total fluorescence was
corrected to take account of the dilution with the acrylamide solution. The quenching of
acrylamide in the 0.0% SB3-10 sample was analyzed with the Stern-Volmer equation

F0

F
= 1 + KSV [Q]

where F0 and F are the integrated fluorescence intensity areas at 300–400 nm in the absence
and presence of acrylamide, respectively, KSV is the Stern-Volmer constant and [Q] is the
concentration of the quencher (acrylamide) in the cuvette. The quenching of acrylamide in
the 3.0% SB3-10 sample was instead analysed using

F0

F
= 1 + KSV [Q] eKST×[Q]

where KST is a constant that considers the static quenching caused by the binding of
acrylamide to tryptophan residues.

5.6. Nuclear Magnetic Resonance Spectroscopy

NMR spectra were acquired with a Bruker Avance 500 MHz and a Bruker Avance
Neo 700 MHz NMR spectrometers on 13C, 15N uniformly labelled TDP-43 NTD samples
(250 µM) in 5 mM sodium phosphate, 50 mM NaCl, 3% (w/v) SB3-10, 1 mM DTT, 5%
(v/v) D2O. For reference purposes, trimethylsilylpropanoic acid (TSP) was added [40]. For
backbone assignment a series of 2D HSQC and 3D HNCA, HN(CO)CA, HNCACB, HNCO,
and HN(CA)CO spectra were acquired at 25 ◦C and 17 ◦C with 2048 × 256, 2048 × 50 × 96,
2048 × 50 × 96, 2048 × 50 × 128, 2048 × 50 × 72, 2048 × 50 × 72 complex points,
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respectively. The spectral widths were 13.8 ppm (1H), 35 ppm (15N) and 30 ppm (13C
in HNCA and HN(CO)CA), 16 ppm (13C in HNCO and HN(CA)CO), 80 ppm (13C in
HNCACB). Secondary structures of individual residues were assessed by chemical shift
index (CSI) [27], Talos+ [26] and Secondary Structure Propensity (SSP) [28]. According
to Wishart [27], helix (H) or ®-strand (E) were indicated in Table S1 only if present a
consensus for CSI for Cα, Cβ, C®, and CO. A series of 2D HSQC spectra were acquired at
different temperature values (290–312K every 2 K). 2D 15N{1H} NOE measurements were
also performed using a 700 MHz spectrometer at 25 ◦C and 17 ◦C, with a 5 s relaxation
or saturation delay, 256 t1 increments of 2048 complex data points, and 48 scans/t1. The
spectra were processed with Topspin 3.5 (Bruker Biospin) and analysed in Sparky [41].
NOE values were calculated as the ratio of peak height with and without saturation.

5.7. Dynamic Light Scattering

The TDP-43 NTD sample was centrifuged at 18,000× g for 15 min, at 4 ◦C, and
filtered with Whatman Anotop 0.02 µm cut-off filters. Two samples containing 1.35 mg/mL
(121 µM) NTD, in 5 mM sodium phosphate buffer, 50 mM NaCl and 1 mM DTT, pH 7.4,
were prepared, one in the absence and the other in the presence of 3.0% SB3-10. Their size
distributions (distribution of apparent hydrodynamic diameter by light scattering intensity)
were then acquired on a Malvern Panalytical Zetasizer Nano S DLS device (Malvern
Panalytical, Malvern, UK), thermostated at 25 ◦C with a Peltier temperature controller
using a 3× 3 mm black wall quartz cell cuvette. The refractive index and viscosity, acquired
using a 2WAJ ABBE bench refractometer from Optika Microscopes (Bergamo, Italy) and a
Viscoball viscometer (Fungilab, Barcelona, Spain), were 1.331 and 0.8998 cp for the 0.0%
SB3-10 sample and 1.338 and 1.0530 cp for the 3.0% SB3-10 sample, respectively. The
measurements were acquired with the cell position 4.20 and attenuator index 10. The
light scattering intensity was also measured for a blank sample containing 3.0% SB3-10
without protein and was found to be negligible relative to the corresponding sample with
protein, ruling out that the apparent hydrodynamic diameter measured for the protein
sample under these conditions is affected by SB3-10 micelles. In another experiment, the
same buffer solutions containing SB3-10 concentrations ranging from 0.0 to 3.0%, in the
absence of protein were also analysed. Their light scattering intensities were then plotted
as a function of SB3-10 concentration to monitor micelle formation.

5.8. Analytical SEC

The mother solution containing TDP-43 NTD was centrifuged at 18,000× g for 15 min,
at 4 ◦C, and two samples containing 0.5 mg/mL (45µM) NTD, in 5 mM sodium phosphate
buffer, 50 mM NaCl and 1 mM DTT, pH 7.4, were prepared, one in the absence and the other
in the presence of 3.0% SB3-10. 100 µL of NTD sample were loaded in a Superdex® 200
Increase 10/300 GL column (GE Healthcare, Chicago, IL, USA) pre-equilibrated at 4 ◦C with
the corresponding protein buffer and run using an Akta Pure 25L System (GE Healthcare,
Chicago, IL, USA). The experimental Ve was determined as the volume of the buffer passed
through the column between sample injection and the point of highest absorbance at 280 nm.
A calibration curve was determined by loading protein standards (100 µL) of known
molecular weight (MW) separately, such as thyroglobulin (669 kDa), apoferritin (443 kDa),
alcohol dehydrogenase (150 kDa), albumin (66 kDa), carbonic anhydrase (29 kDa) and α-
lactalbumin (14.2 kDa), and obtaining their experimental Ve. A plot of Ve versus log[MW]
was obtained with the 6 standard data points and fitted to a linear regression curve. This
calibration curve was then used to interpolate the experimental Ve (y axis) of NTD samples
and to obtain the corresponding MW (x axis) and, thus, their oligomeric states. The MW
values determined with this approach are valid only for globular proteins. For the NTD
sample in 3.0% SB3-10, the calibration curve was re-determined mathematically to account
for the differences between the hydrodynamic radii of folded and pre-molten globule
states [42]. Indeed, the relationships between the hydrodynamic radii of a folded protein
(RN

h ), or a pre-molten globule (RPMG
h ), and the MW in Da, can be obtained using previously
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published equations [41]. The experimental Ve obtained for the NTD sample in 3.0% SB3-10
was interpolated into the re-determined calibration curve to obtain its MW.

5.9. Förster Resonance Energy Transfer (FRET)

The C50S mutant of TDP-43 NTD (containing only Cys39) was centrifuged at 18,000× g
for 15 min, 4 ◦C, and diluted to prepare two samples containing 0.5 mg/mL (45 µM) C50S
NTD, in 5 mM sodium phosphate buffer, 50 mM NaCl, 1 mM DTT, pH 7.4. The C50S
NTD samples were labelled using the thiol-reactive probes 1,5-IAEDANS as a donor
(D) and 6-IAF as an acceptor (A), respectively. Both fluorescent probes (Thermo Fisher
Scientific, Waltham, MA, USA) were dissolved in dimethylformamide (DMF) at 30 mM
concentration and added separately to the two C50S samples to a final probe:protein
molar ratio of 10:1, for 22 h at 20 ◦C, under gentle and constant shaking. Then, gravity
chromatography was performed to remove the excess of the unreacted probes using 6 mL
of G-15 resin (Pharmacia, Uppsala, Sweden), previously equilibrated with 5 mM sodium
phosphate buffer, 50 mM NaCl, pH 7.4.Labelledd protein fractions were collected and
the concentration of the probe in each fraction was measured on a SHIMADZU UV-1900
UV-Vis spectrophotometer using ε336 = 5700 M−1cm−1 and ε491 = 8200 M−1cm−1 for 1,5-
IAEDANS and 6-IAF, respectively. The C50S NTD concentration was determined using
ε280 = 12,950 M−1cm−1 after subtraction of the absorbance contribution of the probes at
280 nm. Fractions where the probe:protein ratio was 1:1 were pooled and concentrated
using centrifugal filter devices with a 3 kDa molecular weight cut-off (MWCO) cellulose
membrane (Millipore, Burlington, MA, USA).

Two samples containing 0.1 mg/mL (9 µM) C50S NTD labelled with D and A, respec-
tively, were prepared in 5 mM sodium phosphate buffer, 50 mM NaCl, 1 mM DTT and
3% SB3-10, pH 7.4, and mixed at 1:1 molar ratio (D:A). Two samples containing only C50S
NTD labelled with D and C50S NTD labelled with A at the concentration of 0.05 mg/mL
(4.5 µM) were also prepared. Fluorescence spectra of the various samples were acquired
at 25 ◦C from 400 to 650 nm (excitation at 336 nm) using a 10 × 2 mm quartz cuvette on
an Agilent Cary Eclipse spectrofluorimeter (Agilent Technologies, Santa Clara, CA, USA)
equipped with a thermostated cell holder attached to an Agilent PCB 1500 water Peltier
system. Excitation and emission slits were 5 nm. Spectra were then blank-subtracted.

5.10. SB3-10 Titration on NTD

The TDP-43 NTD sample was centrifuged at 18,000× g for 15 min, at 4 ◦C. The
experiment was performed by preparing 16 samples containing NTD at the concentration
of 0.5 mg/mL (45µM), in 5 mM sodium phosphate buffer, 50 mM NaCl and 1 mM DTT,
pH 7.4, and SB3-10 concentrations ranging from 0.0 to 3.0%. Fluorescence spectra were
acquired at 25 ◦C from 290 to 500 nm (excitation at 280 nm) using a 3 × 3 mm black wall
quartz cell cuvette on an Agilent Cary Eclipse spectrofluorimeter (Agilent Technologies,
Santa Clara, CA, USA) equipped with a thermostated cell holder attached to an Agilent
PCB 1500 water Peltier system. Excitation and emission slits were 5 nm. Spectra were then
subtracted from blanks containing only buffers. For each spectrum, COM was calculated
according to

COM =
∑i Fi

∑i vi · Fi

where Fi is the fluorescence emission at a wavenumber of νi. The resulting COM values
were then plotted as a function of SB3-10 concentration and fitted using the model edited
by Santoro and Bolen [31].

5.11. Guanidine Hydrochloride (GdnHCl)-Induced Denaturation

The TDP-43 NTD sample was centrifuged at 18,000× g for 15 min, at 4 ◦C. The
experiment was performed by preparing 30 samples containing NTD at the concentration
of 0.05 mg/mL (4.5 µL), in 5 mM sodium phosphate buffer, 50 mM NaCl and 1 mM,
pH 7.4, and GdnHCl concentrations ranging from 0.0 to 4.9 M. In a second experiment,
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30 additional samples were prepared in the presence of 3.0% SB3-10. Fluorescence spectra
were acquired at 25 ◦C from 290 to 500 nm (excitation at 280 nm) using a 10 × 2 mm quartz
cuvette on an Agilent Cary Eclipse spectrofluorimeter (Agilent Technologies, Santa Clara,
CA, USA), equipped with a thermostated cell holder attached to an Agilent PCB 1500 water
Peltier system. Excitation and emission slits were 5 nm. Spectra were then subtracted
from blanks containing only buffers. For each spectrum, the ratio between the sum of
the fluorescence in bands of 10 nm in the post-transition region and the pre-transition
region was calculated. These specific bands were chosen to contain the NTD fluorescence
peak observed at 0.0 M GdnHCl and 4.9 M GdnHCl for the pre-transition and the post-
transition, respectively. The resulting fluorescence ratios were then plotted as a function of
the GdnHCl concentration and the traces obtained were then fitted to the model edited by
Santoro and Bolen [31].

5.12. Aggregation Kinetics Using DLS, Far-UV CD and Intrinsic Fluorescence Spectroscopies

The TDP-43 NTD sample was centrifuged at 18,000× g for 15 min, at 4 ◦C. Samples
containing NTD at the concentration of 0.5 mg/mL (45 µM), in 5 mM sodium phosphate
buffer, 50 mM NaCl, 1 mM DTT, pH 7.4, 25 ◦C were prepared using different SB3-10
concentrations (0.0, 0.2, 0.4, 0.6, 1.8 and 3.0%). One sample was obtained by treating the
protein, initially in 0.0% SB3-10, with 1.8% SB3-10 for 1 h and then diluting it down to 0.6%
SB3-10. Samples were analyzed every 30 min for the first 2 h, then hourly up to 6 h and
the next day at 24 h. Their size distributions were acquired at 25 ◦C using a 3 × 3 mm
black wall quartz cell cuvette on a Malvern Panalytical Zetasizer Nano S DLS device
(Malvern, Worcestershire, UK), thermostated at 25 ◦C with a Peltier temperature controller.
The refractive index and viscosity set on the instrument were changed according to the
SB3-10 content of the sample. The measurements were acquired with the cell position 4.20
and attenuator index 10. The light scattering intensity percentage of the soluble protein
peak was then calculated for each sample and plotted as a function of time. Their far-
UV CD spectra were acquired at 25 ◦C between 190 and 260 nm using a 0.1 mm path
length cell on the same Jasco J-810 spectropolarimeter described above. Spectra were then
blank subtracted, masked when the high tension (HT) signal was higher than 700 V and
normalized to mean residue ellipticity ([θ]). Their fluorescence spectra were acquired at
25 ◦C from 290 to 500 nm (excitation at 280 nm) using a 10 × 2 mm quartz cuvette on
an Agilent Cary Eclipse spectrofluorimeter (Agilent Technologies, Santa Clara, CA, USA),
equipped with a thermostated cell holder attached to an Agilent PCB 1500 water Peltier
system. Excitation and emission slits were 5 nm. Spectra were then blank subtracted.

5.13. Thioflavin T (ThT) Assay

TDP-43 NTD samples were prepared at various SB3-10 concentrations, as described
in the previous subsection and then incubated for 6 h at 25 ◦C, while the sample in 3.0%
SB3-10 was incubated also for 24, 48, 72 and 96 h. 100 µL of buffer or protein sample were
then mixed with 400 µL of 25 µM ThT. Fluorescence spectra were acquired at 25 ◦C from
450 to 600 nm (excitation at 440 nm) using a 10 × 2 mm quartz cuvette on an Agilent Cary
Eclipse spectrofluorimeter (Agilent Technologies, Santa Clara, CA, USA) equipped with a
thermostated cell holder attached to an Agilent PCB 1500 water Peltier system. Excitation
and emissions slits were 5 and 10 nm, respectively. All spectra were blank subtracted (using
only PBS as a blank). The ratio F0/F was then calculated for each sample, where F and
F0 are the blank-subtracted fluorescence values at 485 nm of ThT+protein and free ThT,
respectively. An over 5-fold ThT fluorescence increase was considered to be diagnostic for
amyloid [33,34,43,44].

5.14. Statistical Analysis

Data were expressed as means ± SEM. Data pairs were compared using the Stu-
dent’s t-test and the resulting p values were indicated in the text for each comparison. A
p value < 0.05 was considered to be statistically significant.
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Supplementary Materials: The following supporting information can be downloaded at: https:
//www.mdpi.com/article/10.3390/molecules27134309/s1, Table S1: Comparison between secondary
structures of native TDP-43 NTD and the alternative conformation. Comparison performed according
to CSI and Talos+ analysis and NH involvement into H bonds as inferred from temperature coeffi-
cients. H stands for α-helix, E for extended β-strand and x indicates uncertainty; Figure S1: Change
of 1H-15N HSQC spectrum upon addition of 3% SB3-10. Overlay of 1H-15N HSQC spectra of TDP-43
NTD recorded at 500 MHz and 25 ◦C in absence (green) and presence (red) of 3% (w/v) SB3-10. The
superimposition of the two spectra clearly shows the reduced spectral dispersion in the presence of
3% SB3-10; Figure S2: Change of 1H-15N HSQC spectrum upon temperature decrease. Overlay of
1H-15N HSQC spectra of TDP-43 NTD recorded at 700 MHz at 25 ◦C (red) and 17 ◦C (blue) in the
presence of 3% (w/v) SB3-10. The superimposition of the two spectra shows the increase in the num-
ber of backbone amide peaks at lower temperature; Figure S3: Change of 1H-15N HSQC spectrum
upon DTT addition (A) Superimposition of 1H-15N HSQC spectra of the TDP-43 NTD alternative
conformation recorded at 700 MHz and 25 ◦C before (black) and after (red) the addition of freshly
prepared DTT. The blue circles highlight peaks where the second form is highly decreased after DTT
addition. (B) Native TDP-43 NTD protein cartoon (pdb 5x4f) showing the residues presenting double
forms in the HSQC spectrum that are not affected by DTT addition coloured in red; Figure S4: SSP
analysis of alternative TDP-43 NTD conformation for both form A (A) and form B (B). SSP indicates
the tendency to adopt secondary structure (SSP > 0 corresponds to α-helix, SSP < 0 corresponds to
β-strand). A SSP score of ± 1 corresponds to fully formed secondary structure, while an intermediate
SSP value indicate a propensity for those residues to adopt the corresponding secondary structure;
Figure S5: Difference between NOE values found at different temperature values. The differences
were obtained at 17 ◦C (290 K) and 25 ◦C (298 K) for the TDP-43 NTD alternative form in 3% (w/v)
SB3-10. The black, blue and red bars correspond to both forms, form A and form B, respectively;
Figure S6: Overlay of 1H-15N HSQC spectra of TDP-43 NTD. Spectra are in 3% (w/v) SB3-10 recorded
at 700 MHz at different temperatures: 17 ◦C (blue), 23 ◦C (green), 29 ◦C (yellow), 35 ◦C (orange) and
39 ◦C (red); Figure S7: Aggregation kinetics of TDP-43 NTD at different SB3-10 percent concentrations
monitored with far-UV CD. Far-UV CD spectra of TDP-43 NTD (0.5 mg/mL, 45 µM) in 5 mM sodium
phosphate buffer, 50 mM NaCl, 1 mM DTT, pH 7.4, 25 ◦C, in the presence of 0.0% (w/v) SB3-10
(A), 0.2% (w/v) SB3-10 (B), 0.6% (w/v) SB3-10 (C,D), 1.8% (w/v) SB3-10 (E), 3.0% (w/v) SB3-10 (F),
at the indicated time points. In panel D TDP-43 NTD was pre-incubated in 1.8% (w/v) SB3-10 for
1 h and then diluted to 0.6% (w/v) SB3-10 at the same final conditions as in panel (C); Figure S8:
Aggregation kinetics of TDP-43 NTD at different SB3-10 percent concentrations monitored with
intrinsic fluorescence. Intrinsic Fluorescence spectra of TDP-43 NTD (0.5 mg/mL, 45 µM) in 5 mM
sodium phosphate buffer, 50 mM NaCl, 1 mM DTT, pH 7.4, 25 ◦C, in the presence of 0.0% (w/v)
SB3-10 (A), 0.2% (w/v) SB3-10 (B), 0.6% (w/v) SB3-10 (C,D), 1.8% (w/v) SB3-10 (E), 3.0% (w/v) SB3-10
(F), at the indicated time points. In panel D TDP-43 NTD was pre-incubated in 1.8% (w/v) SB3-10 for
1 h and then diluted to 0.6% (w/v) SB3-10 at the same final conditions as in panel (C).
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Abstract: In this article, we investigate two issues: (a) the initial contact formation events along the
folding pathway of the DNA-binding domain of the tumor suppressor protein p53 (core p53); and
(b) the intermolecular events leading to its conversion into a prion-like form upon incubation with
peptide P8(250-257). In the case of (a), the calculations employ the sequential collapse model (SCM)
to identify the segments involved in the initial contact formation events that nucleate the folding
pathway. The model predicts that there are several possible initial non-local contacts of comparative
stability. The most stable of these possible initial contacts involve the protein segments 159AMAIY163

and 251ILTII255, and it is the only native-like contact. Thus, it is predicted to constitute “Nature’s
shortcut” to the native structure of the core domain of p53. In the case of issue (b), these findings are
then combined with experimental evidence showing that the incubation of the core domain of p53
with peptide P8(250-257), which is equivalent to the native protein segment 250PILTIITL257, leads
to an amyloid conformational transition. It is explained how the SCM predicts that P8(250-257)
effectively interdicts in the formation of the most stable possible initial contact and, thereby, disrupts
the subsequent normal folding. Interdiction by polymeric P8(250-257) seeds is also studied. It is then
hypothesized that enhanced folding through one or several of the less stable contacts could play a
role in P8(250-257)-promoted core p53 amyloid misfolding. These findings are compared to previous
results obtained for the prion protein. Experiments are proposed to test the hypothesis presented
regarding core p53 amyloid misfolding.

Keywords: cancer; prion; folding; pathway; interdiction; peptide

1. Introduction

Since its discovery in 1979 [1–4], considerable evidence has accumulated on the critical
importance of the tumor suppressor factor p53 in the natural protection mechanisms
against cancer development [5,6]. Around 50% of all cancers show altered functionality
of p53, frequently through mutation [7–9]. Thus, considerable efforts have focused on
understanding the natural roles of p53 in protecting against cancer [10–12], and also in
finding ways to restore its natural activity in cancer patients [13,14]. The most important
role of p53 seems to be tumor suppression through the induction of apoptosis cellular
programs in response to stress signals [15,16]. Additional tumor suppression-related
activities have been discovered, such as metabolic regulation, autophagy and changes in
the oxidative state of the cell [17–19]. Recently, it has also been found that p53 has further
roles in normal physiology and the etiology of other diseases [20]. Thus, the complete
biophysical characterization of p53 and its functionalities is an issue of prime importance.

Similar to other transcription factors, the 393 amino acids of p53 make it a multi-
domain protein [21,22]. Its five domains include an N-terminal activation domain (residues
1-63), a proline-rich domain (residues 64-93), a DNA-binding domain, which is known
as the core domain (i.e., core p53, residues 94-297), a tetramerization domain (residues
298-355), and a C-terminal domain (residues 356-393). The DNA binding of p53 to cellular
DNA is carried out by the core domain of p53, and more than 95% of the tumor-inducing
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mutations of p53 occur in the core p53 [9,23,24]. Furthermore, p53 is a very flexible protein
that can attain different closely related native conformations [25,26].

A striking recent discovery has been that under amyloidogenic experimental condi-
tions, p53 and its individual domains undergo amyloid misfolding and aggregation [27–33].
These promoting factors include: (a) several point mutations that destabilize core p53;
(b) denaturing conditions; (c) incubation with specific aggregation-seeding external agents,
such as the peptide P8(250-257) resembling the native segment 250PILTIITL257 [34,35]. The
amyloid aggregates of p53 have been shown to display prion-like properties in vivo that
could have a direct bearing on the evolution of several tumor types. These properties
include: (a) Several types of cancer tissues show abnormal amyloid-like aggregates of
misfolded p53 [32]; (b) p53 amyloid formation leads to cellular pro-metastatic gain-of-
function [36]; (c) p53 amyloid-fibrils seed misfolding and aggregation when internalized
in cells [37], and (d) p53 amyloid formation in cells impairs its transcriptional regulation
function [34].

The amyloid misfolding and aggregation of the prion protein is understood to play a
key role in triggering several neurodegenerative diseases [38], including Creutzfeldt-Jakob
disease in humans [38] and mad cow and scrapie in cows and sheep, respectively [38]. It is
likely that similar misfolding and aggregation mechanisms underlie other more widespread
human pathologies, such as Parkinson’s disease [39,40], Lewy-body dementia [39,40] and,
possibly, Alzheimer’s disease [41]. The existence of a prion-like amyloid misfolding-
aggregation behavior for p53 suggests the possibility that there might be substantial molec-
ular commonalities between at least some types of cancer and neurodegenerative diseases.
There is, however, still some uncertainty concerning whether the p53 aggregates are infec-
tious in the same way as prion aggregates [42]. The firm establishment of such a common
molecular basis for apparently unrelated and widespread diseases could be of major impor-
tance, leading to opportunities for the development of related therapeutic strategies [33].
Here, prion or amyloid-like refer only to the misfolding of p53 into amyloid species that
can aggregate into higher-order oligomers and fibrils and propagate inside an individual,
not to the possible infectious properties of such amyloids.

The purpose of this paper is to: (a) predict the possible initial contact formation events
along the folding mechanism of the core domain of P53; and (b) study the effects on the
dominant native folding pathway of incubation with peptide P8(250-257). This peptide has
been experimentally shown to promote the prion-like transformation of the core domain
of P53 upon incubation with peptide P8(250-257), which resembles the native sequence
segment 250-257 [34,35]. The calculations will employ the sequential collapse model (SCM)
for the protein folding pathways [43,44].

Our calculations predict that there are several possible initial contact formation events
that potentially lead to multiple folding pathways. It is also predicted that the more stable
possible initial contact (i.e., the dominant contact) involves the protein segment 251-255.
This prediction leads naturally within the model to the hypothesis that incubation of
the core domain of p53 under denaturing conditions, with P8(250-257), may interdict in
the dominant folding pathway, which is a process previously studied for several viral
proteins with the SCM [45,46]. The possible interdiction effect arises because P8(250-257)
competes with the key interactions defining the dominant early contact formation event.
The experimental observation that such incubation produces the transformation of the core
domain into a prion-like species is then explained to be naturally understood within the
model, as evidence that such a misfolding is likely linked to enhanced folding (i.e., actually
protein misfolding) through one or several of the secondary pathways initiated by the
less stable contacts. In this paper, these findings will be compared to similar previously
obtained results for the misfolding of the prion protein [47]. Possible experiments to test
the hypothesis for p53 are discussed.
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2. Results
2.1. The Physical Basis of Non-Local Early Contact Formation in the SCM

The physical basis of the SCM and its most up-to-date formulation has been recently
explained in detail [44], and the associated calculation methodology is summarized in the
Methods section of this paper. Here, a brief introduction to the main concepts is presented
that are relevant to the issues investigated in the present paper. The SCM considers early
non-local contacts based on the entropy of formation of the resultant protein loops in the
unfolded state and the hydrophobic stabilization energy of the protein segments that define
the contacts. The SCM has successfully predicted many of the observed features of the
protein folding pathways at a low resolution [44]. Within the SCM, the folding of proteins
with more than ~100 amino acids is nucleated by the formation of a specific early non-local
contact, called the primary contact, which defines the earliest folding phase. The primary
contacts between two protein segments centered at the residues i and j, separated by a
distance along the protein sequence nij, form references to an optimal distance nop such that
nij ≥ nop ≈ 65 amino acids, where the actual contact at nij is determined by the excluded
volume-related entropic consequences of forming early protein loops [44]. The physical
basis for the formation of the early non-local contacts in the SCM is illustrated in Figure 1.
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For a given protein sequence, there might be several viable primary contacts that
nucleate parallel folding pathways [44]. As at most, only a few simultaneous primary
contacts can be established in proteins of length n≥ nop, while most of the tertiary structure
contacts will still be defined by contacts at a shorter range established in later folding
phases [44]. The formation of the primary contact in the SCM defines the primary loop,
which subsequently collapses through two-state kinetics [44]. The nucleation by an early
primary contact has been referred to within the model as “Nature’s shortcut to protein
folding” [44]. The short-range contacts established in later folding phases are defined by
fluctuating shorter loops called minimal loops in the model, which are expected to be
of length nmin ~15 amino acids [43]. Thus, within the model, the observed persistence
length of the loops in a native protein is expected to be significantly lower than nop and
closer to nmin, in agreement with the experimental observations [48]. It is important to
bear in mind, however, that the SCM is concerned with the optimal sizes of loops in
the fluctuating unfolded chain rather than with the topology of the fully folded protein.
The final length of the topological elements of the 3D structure can vary from their open-
chain seeding loops, as contacts in the folded structure are refined by optimal packing,
secondary structure formation and the establishment of all the relevant interactions [49].
Because proteins longer than ~100 amino acids do not generally undergo a complete
two-state collapse [44,50] but rather fold through multi-step pathways, consistent and
simple physical reasoning implies that there is a limit to the size of the primary loop (i.e.,
~100 amino acids) that can successfully lead to the native SCM folding pathway.

The concept of folding nucleation by non-local contacts is not exclusive to the SCM, having
arisen earlier in the context of the diffusion-collision model [51], the loop hypothesis [52] and
the energy landscape picture [53]. Furthermore, it has appeared in simulations of the
transition state of two-state folding proteins [54]. Protein topology has been considered
an essential element of folding mechanisms in a number of theoretical efforts [48,55–58].
The particular feature of the SCM is that the early non-local contacts are highly specific,
as in the loop hypothesis [52], and the SCM provides a general method to determine their
location at specific distances along the primary sequence [43,44].

2.2. Primary Contacts of Core p53

Following the methodology employed in the SCM before [43,44], which is described
in detail in the Methods section, our calculations searched for the most stable possible
hydrophobic contacts between pairs of 5-amino acid segments centered at amino acids i
and j, located at a distance nij along the sequence such that 65 ≤ nij ≤ 100 amino acids.
The calculations employ the primary sequence and experimental hydrophobicity values
to determine the location of the possible primary contacts. The results were seen to be
robust when extending the segment lengths up to seven amino acids. Here, we will keep
the analysis focused on the 5-amino acid segment results for the purpose of consistency
and the ability to compare with the previous work within the SCM. The predicted primary
contacts and their stabilities are listed in Table 1. The stabilities in the table correspond to
the contacts as formed in the earliest folding phase, not on the fully folded structure.

Table 1. Possible primary contacts for the core domain of core p53, their stabilization energy (kT),
and their location in the native 3D structure.

Contact Stability 3D Structure

C1 159AMAIY163 on 251ILTII255 8.9 ± 0.3 Native

C2 143VQLWV147 on 216VVVPY220 8.2 ± 0.4 Non-Native

C3 143VQLWV147 on 234YNYMC238 7.8 ± 0.4 Non-Native

C4 133MFCQL137 on 216VVVPY220 7.8 ± 0.4 Non-native
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The most stable primary contact, C1, is predicted to form between the segments
159AMAIV163 and 251ILTII255, with a predicted stability of ∆Gcont(C1) ≈ −8.9 kT. It is a
native contact on the 3D structure [59], as shown in Figure 2.
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Figure 2. (a) The best possible primary contact, C1, on the structure of core p53 (PDB 2OCJ);
(b) contact C2 is on the same structure. As can be observed in the figures, C1 is a good contact on the
3D structure, while C2 does not, as the side chains of the two segments that define it are not close in
the folded structure. The figures were prepared using Mol* [60].

The second best possible primary contact, C2, is established between the segments
143VQLWV147 and 216VVVPY220, with a contact stability of ∆Gcont(C2) ≈ −8.2 kT. Con-
tact C2 is not a good match for the 3D structure, as shown in Figure 2. There are
two additional possible non-native contacts, C3 and C4, both with a lower stability of
∆Gcont(C3) = ∆Gcont(C4) ≈ −7.8 kT. All the other possible primary contacts are more than
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~3 kT less stable than the dominant one and non-native on the tertiary structure, with corre-
sponding populations of more than ~one order of magnitude smaller than that of the best
contact, and we have not included them in the analysis. The issue of the multiplicity of the
possible primary contacts in the SCM has been considered in previous work [44]. Because
no major rearrangements of the protein core are expected post-collapse, it is generally
assumed within the model that the primary contacts which are non-native in the 3D folded
structure likely do not correspond to the native pathways leading to the functional folded
structure [44]. In all the naturally folding proteins studied to date within the SCM, it has
been observed that the most stable primary contact is native-like [44].

On the basis of the above results, it is reasonable within the SCM to expect that
the contact C1 nucleates the native folding pathways for core p53. Thus, C1 constitutes
“Nature’s shortcut” to the folding of core p53 [44]. On the other hand, contacts C2, C3 and
C4 probably represent non-native-initial contacts that must break up in order for core p53
to enter the native folding pathway nucleated by C1. The nucleation of native folding by
the non-native primary contacts would imply a considerable later rearrangement of the
protein core, which is entropically unfavorable [61].

2.3. Comparison of the Predicted Primary Contact Populations with Experimental Data on Core
p53 Folding

If the folding of core p53 proceeds through the four predicted possible nucleation
events, it is reasonable to expect that each of the four corresponding folding channels must
involve a fraction of the folding proteins that are equivalent to the initial relative population
of the corresponding primary contact. Based on their relative stabilities, the predicted
relative populations of contacts C1, C2, C3 and C4 are, respectively, 46% for C1, 23% for
C2 and 15% for both C3 and C4. From a kinetic point of view, as ∆Gcont(C3) = ∆Gcont(C4),
the break-up of both contacts should take place within similar time scales, and thus, in
a low-resolution experiment, they would probably appear as a single channel traversed
by the combined populations of C3 and C4, with an apparent population of ~31%. The
uncertainty in the energy values ∆Gcont(C) accounts for the single standard deviation
confidence intervals of ~[+7%,−7%] for a variation in the population associated with C1,
[−6%,+8%] for C2, and [−4%,+6%] for each of C3 and C4.

Experimental evidence exists for core p53 that supports the existence of three kinet-
ically distinct folding channels a, b, and a less well-resolved channel c, with ~50% of
the native population folding through a and ~25% through each of b and c [62,63]. The
predicted population of each native contact does not necessarily precisely reflect the overall
population of molecules fully folding through each folding pathway, as there might be
differences in the folding kinetics arising, for example, from the break-up of the non-native
primary contacts [63]. Within the SCM, however, it is reasonable to assume that the inter-
mediates nucleated by the four primary contacts will undergo a hydrophobic collapse with
broadly similar kinetics once the native primary contact is established [64]. Thus, taking
into account their equivalent stabilization energy, C3 and C4 should be difficult to resolve
in separate channels in standard kinetic experiments. However, it is fair to say that the
populations of the four early native-like intermediates predicted here correlate well with
the experimental observations concerning the populations of molecules traversing each
of the three folding channels detected experimentally. C1 would nucleate channel a with
a population of ~46%, C2 represents channel 2 with a population of ~23%, and C3 and
C4 add up to a less resolved channel c with a population of ~31%. Because of the lack
of single-residue resolution in the available experimental data, this correlation should be
considered as just a consistency test of the SCM predictions.

2.4. Interdiction of the Dominant Folding Pathway through Competition of Peptide P8(250-257)
with the Formation of Primary Contact C1

In recent work, we proposed that the SCM’s primary contact predictions provide
natural targets for folding interdicting peptide drugs, which are aimed to treat viral diseases,
such as SARS-CoV-2, Ebola and influenza A [45,46] by blocking the initial folding steps of
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specific viral proteins. Such peptide drugs could be designed by employing, as templates,
the segments naturally involved in the primary contact, where one of the segments, S1,
would be the basis of the folding interdicting peptide (FIP), and the other segment, S2,
would constitute the folding interdiction target region (FITR), as described in Figure 3. In
such an interdiction mechanism, the FIP would compete with S1 to bind to S2, leading
to a decrease in the number of proteins folding through the pathway initiated by the
contact S1-S2.
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It is interesting to investigate whether the FITR concept could be applied to core p53,
such that specific peptide drugs can be designed to modulate its folding dynamics and,
potentially, its physiological activity. In particular, it would be of considerable importance
to determine, through selective interdiction of the possible folding pathways, whether any
or several of them are involved in the prion-like transition of p53. If that was the case,
it might be possible to design specific peptide drugs aiming to interdict the misfolding
pathways, thus maximizing the population of natively folded p53. Below, we will explain
that such a folding interdiction experiment has already been partially carried out for the
core domain of p53 [34,35].

Experiments have shown that the incubation of the core domain of p53 with pep-
tide P8(250-257), defined by the native sequence 250PILTIITL257, induces amyloid-like
aggregation [34,35]. Peptide P8(250-257) is just the segment 251ILTII255 predicted to form
the native primary contact C1 with segment 159AMAIY163, plus residues P250, T256 and
L257, amino acids that are non-polar or hydrophobic and, thus, will tend to promote
further contact formation. Thus, within the current model, the prediction is clear that the
intermolecular effect of P8(250-257) on the folding of core p53 is the formation of the contact
between P8(250-257) and the segment 159AMAIY163, leading to interdiction in the native
folding pathway of core p53.

Experimental evidence also shows that P8(250-257) tends to form β-sheet-rich aggre-
gates by itself [35], suggesting that these aggregates may act as a seed for the prion-like
misfolding of p53 [35]. Most of segment 250PILTIITL257 defines a strand of a β-sheet in the
native structure of core p53, in close interaction with the strands 264LLGRNSFEVRV274 and
156RVRAMAIY163 that includes the segment 159AMAIY163 which also nucleates C1 [59].
Thus, it is reasonable to hypothesize that the ß-sheet-rich aggregates of P8(250-257) can also
interdict in the formation of the primary contact C1 by interacting with the segments that
define C1. This result also suggests that P8(250-257) alone might be able to interdict in the
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formation of C1, not just by its attachment to segment 159AMAIY163, but also to segment
251ILTII255 itself, thus enhancing the interdiction effect. Only more detailed experimental
and theoretical studies can determine which of the possible interdiction modes described
here, if any, is dominant in triggering the experimentally observed misfolding effects.

2.5. Possible Coincidence of the p53 and Prion Protein Misfolding Mechanisms

If interdiction in the formation of the dominant native-like primary contact C1 triggers
the misfolding and subsequent aggregation of core p53 when incubated with peptide
P8(250-257), a relevant question is by what molecular mechanisms interdiction might
lead to misfolding. It is important to keep in mind that there might be more than one
mechanism leading to misfolding [65]. For the neuropathogenic protein, for example,
different mutations lead to distinct amyloid formation and aggregation dynamics [65–67].
In the case of core p53, several mutations with no obvious connection to the interdiction
mechanism described here (i.e., involving the mutations outside the predicted primary
contacts), such as R175H, R249S, R273H, C242S and R248Q, lead to amyloid formation
under the appropriate conditions [68,69].

In recent work, we proposed that a few specific mutation-related misfolding events
of the murine prion protein mPrP(90-231) were related to the protein traversing through
a folding pathway nucleated by a primary contact of lesser stability than the dominant
contact [47]. Furthermore, we showed that several known pathogenic mutations have
the effect of increasing the relative population of prion proteins entering the secondary
pathways defined by the less stable contacts [47]. It then becomes an interesting question
of whether a similar mechanism could be at play in the interdiction-triggered prion-like
conversion of core p53.

Within the current model, the experimental observation that the incubation of core p53
with peptide P8(250-257) leads to its conversion into a prion-like species, combined with our
previous results for the prion protein, suggests that one or several of the less stable contacts
might nucleate a folding pathway, thus leading to misfolded core p53. Then, interdiction in
the dominant native pathway, with a concomitant reduction in the population of molecules
folding through the native pathway, could lead to increased folding through the less
stable primary contacts, including the pathogenic pathway/s leading to abnormal levels of
misfolded p53 that aggregate into amyloid-like inclusions. This hypothetical mechanism is
shown in Figure 4.

At the current level of the analysis, it is impossible to predict unequivocally whether
such a mechanism is in play, and, in the absence of detailed experimental evidence, it should
be considered as a hypothesis. Another possibility is that interdiction in the formation of
the dominant primary contact by either monomeric or aggregated P8(250-257) leads to
a direct amyloid transition. A possible experiment to test the secondary folding channel
hypothesis could be carried out by interdicting in the formation of the non-native contacts
under amyloidogenic conditions. If the prion-like transition of core p53 proceeds through
the initial formation of any of the non-native contacts C2–C4, interdiction in the formation
of that contact should inhibit it. Thus, for example, if the amyloid transition was nucleated
by the formation of C2, the incubation of core p53 with the peptides derived from either
143VQLWV147 or 216VVVPY220 should diminish the formation of prion-like structures under
amyloidogenic conditions. There is considerable interest in the investigation of therapeutic
drugs that might retrieve the active conformation of p53 [70] and, more specifically, that
interfere with the formation and effects of the p53 aggregates [71]. The results presented
here could potentially open a new avenue towards this goal. However, as discussed above,
there might be more than one mechanism leading to an amyloidogenic transition, and the
set-up for an experiment such as the one described above, leading to a strong clear-cut
result, is likely to be a complex undertaking.

Finally, it is important to point out that the aggregation mechanisms in vivo can be
decisively influenced by additional factors, such as pH and metal ion concentrations [72]
and other proteins [73]. Thus, the complete validation of the biological relevance of the
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mechanism for p53 aggregation proposed here would require in vivo testing, probably
employing the full range of existing testing techniques [74].
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3. Conclusions

In this paper, we presented the theoretical predictions for the earliest folding events
of the core domain of p53. Several possible initial contact-forming events were identified,
potentially leading to a multiplicity of folding pathways. It was also explained that the
experimentally observed prion-like transition of the core domain of p53 upon incubation in
the denaturing conditions with peptide P8(250-257) could be understood within the SCM
through a folding interdiction mechanism, as proposed in earlier work. It was explained
how additional experiments could possibly confirm this hypothesis and open a new path
to the design of peptide drugs that are able to modulate p53 folding dynamics.

4. Methods: Determination of the Primary Contact in the SCM Model

The physical basis of the SCM and its most up-to-date formulation has been recently
explained in full detail [44]. Here, only a brief summary of the methodology to determine
the primary contact is presented.

Based on the model presented in the previous sections, whether there is a non-local
contact in an otherwise unfolded state is dependent upon the stability of the potential
contact candidates at the loop lengths of n ≥ nop amino acids. In the SCM, the stability of a
contact formed by the number ncont of amino acids, ∆Gcontact(ncont, nloop), can be written as:

∆Gcontact(ncont, nloop) ≈ ∆Gint,H(ncont) + ∆Gloop(nloop) + ∆Gcont,S(ncont) (1)

Here, ∆Gloop represents the entropic free energy cost of the loop, as discussed in
Section 2.1. The term ∆Gint,H denotes all the enthalpic interactions that help stabilize the
contact, which possibly includes the hydrophobic interactions, van der Waals interactions,
hydrogen bonds, disulfide bonds and salt bridges [49], and its value satisfies ∆Gint < 0.
The term ∆Gcont,S > 0 represents the entropic cost of constraining the side chains of the
amino acids, defining the contact as such that the contact is stable and it opposes contact
formation. A segment-specific determination of the value ∆Gcont,S(ncont) for a given contact
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would require detailed molecular dynamics techniques. However, a heuristic estimate can
be made from earlier work within the SCM, which showed that the average entropic cost
of folding per amino acid for a sample of thirteen proteins was ∆Gfolding/residue,S ≈ 0.85
kT/residue [75], and the maximum was ∆Gfolding/residue,S ≈ 1.09 kT/residue. As these are
estimates for the entropic cost for folding per residue of the complete proteins that include
highly buried as well as flexible exposed regions, it is then reasonable to expect that the
entropic cost of a contact-forming region must be closer to the highest calculated values
or ∆Gfolding/residue,S. Here, we will assume that ∆Gcontact,S(ncontact) for a contact including
the ncont amino acids is approximately ∆Gfolding/residue,S, determined by the number of
residues defining the contact, such that ∆Gcont,S(ncont) ≈ 1.09 ncont. This result is clearly an
approximation, but it suffices for establishing a cutoff in the number of possible contacts,
which is consistent with the available structural data.

Hydrophobic interactions are well understood to constitute the main driving force of
the folding process [49]. Other interactions, such as hydrogen bonds, are weaker [76], or
like disulfide bonds and salt bridges, form later along the folding pathway [49]. Thus, for
an early contact that forms from the unfolded state, we can take ∆Gint(nop) ≈ ∆Ghyd(nop),
where ∆Ghyd(nop) represents the stabilizing effect of hydrophobicity in the early contacts,
and Equation (1) can be written as

∆Gcontact(ncont, nloop) ≈ ∆Ghyd(ncont) + ∆Gloop(nloop) + ∆Gcontact,S(ncontact) (2)

Since the hydrophobic stabilization energy of the contact ∆Ghyd is determined by the
hydrophobicity of the segments involved, the hydrophobicity values hk are obtained from
the Fauchere–Pliska scale [77] and assigned to each residue in accordance with previous
calculations within the SCM.

Because the amino acid side chains are significantly larger than the typical peptide
bond length, early contacts between two hydrophobic amino acids will inherently involve
segments, including several amino acids, adjacent to the initial contact. The stability
of this early hydrophobic contact will determine where the folding process is initiated.
This picture is not unlike the zapping model of Dill and collaborators [78] and includes a
well-defined nucleation step, as expected in most protein folding models [79]. Here, the
typical early contact segment size will be taken to be ~5 amino acids, in line with previous
calculations within the SCM. The 5-amino acid window size is based on the geometric
considerations underlying the SCM: With an average effective fluctuating width of the
unfolded protein chain of w ~2 š(n) ≈ 15.8 Å and a peptide bond length of 3.5 Å, the
minimum number ncont of amino acids that can define a contact in the open fluctuating
chain should be ncont ~ int[2 š(n)/3.5] = 5 amino acids. The results for the location of the
most stable primary contact were seen to be robust to the employment of up to seven amino
acid windows, while some deviations were observed when the window was reduced to
four amino acids. In practice, within the SCM, the hydrophobicity hk of each residue is
added over a segment contact window of five amino acids centered at residue i, resulting
in a segment hydrophobicity hi,5 (a value of ~0.45 is equivalent to a change in the energy
of kT, with the margin of error being ~0.1 kT [77]).

In order to determine the best contact, the hi,5 values of a segment centered at residue
i are added to the hj value of a segment centered at residue j, located at a distance nij at
least nop amino acids apart along the sequence, and no longer than the maximum primary
loop length of ~100 amino acids, to give a contact stability of:

∆Gcont(ncont, nloop) ≈ kT [−(hi,5 + hj,5)/0.45 + 3/2 ln nij + 10.9] 100 ≥ nij ≥ 65 (3)

Finally, the relatively simple algorithm presented here has sufficed to successfully
predict primary contacts within the SCM so far. However, specific issues critical for drug
design, such as identifying the optimal interdiction molecules and fully characterizing their
interactions, will probably require a more sophisticated approach, including state-of-the-art
molecular dynamics [80].
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Abstract: Alzheimer’s disease displays aggregates of the amyloid-beta (Aβ) peptide in the brain,
and there is increasing evidence that cholesterol may contribute to the pathogenesis of the disease.
Though many experimental and theoretical studies have focused on the interactions of Aβ oligomers
with membrane models containing cholesterol, an understanding of the effect of free cholesterol
on small Aβ42 oligomers is not fully established. To address this question, we report on replica
exchange with a solute tempering simulation of an Aβ42 trimer with cholesterol and compare it with
a previous replica exchange molecular dynamics simulation. We show that the binding hot spots
of cholesterol are rather complex, involving hydrophobic residues L17–F20 and L30–M35 with a
non-negligible contribution of loop residues D22–K28 and N-terminus residues. We also examine
the effects of cholesterol on the trimers of the disease-causing A21G and disease-protective A2T
mutations by molecular dynamics simulations. We show that these two mutations moderately impact
cholesterol-binding modes. In our REST2 simulations, we find that cholesterol is rarely inserted
into aggregates but rather attached as dimers and trimers at the surface of Aβ42 oligomers. We
propose that cholesterol acts as a glue to speed up the formation of larger aggregates; this provides a
mechanistic link between cholesterol and Alzheimer’s disease.

Keywords: aggregation; amyloid-beta; mutants; cholesterol; simulations

1. Introduction

The two hallmarks of Alzheimer’s disease (AD) are extracellular amyloid-beta (Aβ)
plaques of Aβ42 and Aβ40 peptides, the 42-residue species being the most toxic and
intracellular neurofibrillary tangles built from hyperphosphorylated tau protein [1]. Despite
extensive research, all drugs targeting Aβ and tau oligomers have failed in AD [2,3]. Among
many cellular factors contributing to AD development, cholesterol plays a critical role via
different actions.

First, cholesterol is present in micro-dissected AD senile plaques with a molar ratio
of 1:1 [4] and purified AD paired helical fragments of tangles [5]. The level of plasma
cholesterol is 10% higher in AD patients than in normal individuals [6]. Cholesterol levels
in the brain positively correlate with the severity of dementia in AD patients [7] in contrast
to Aβ plaque burden, which correlates weakly with disease severity [8].

Second, cholesterol impacts Aβ production through the cleavage of the amyloid
protein precursor (APP) [9]. Based on nuclear magnetic resonance and electron param-
agnetic resonance, E22-N27 residues in the bulk solution and membrane-buried residues
G29-G33 (using Aβ42 amino acid numbering) play a key role in cholesterol binding to
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APP [10]. Recently, it was proposed from atomistic molecular dynamics (MD) simulations
that cholesterol modulates the conformation and activity of the C-terminal domain of APP
directly through hydrogen bonding and indirectly through induction of the liquid-ordered
phase [11]. Furthermore, Aβ accumulation in neurons is tightly regulated by cholesterol
production in astrocytes [12], and elevated membrane cholesterol alters lysosomal degrada-
tion to induce Aβ degradation [13]. Finally, the apolipoprotein E gene, a major transporter
of cholesterol in the brain, and in particular its e4 allele, the most genetic risk factor for AD,
is associated with higher total cholesterol [14].

Third, numerous in vitro experiments have explored Aβ aggregation in a water–
phospholipid–cholesterol membrane environment. They showed that cholesterol favors
the formation of Aβ pores in the membrane of brain cells [15]. Cholesterol inserted into
membranes facilitates aggregation of Aβ at the surface of the membranes at physiological
concentrations, as reported by atomic force microscopy images [16]. Lipid membranes
containing cholesterol also enhance the primary nucleation rate of Aβ42 aggregation by up
to 20-fold, as reported by aggregation kinetics experiments [17].

At the theoretical level, many all-atom MD simulations were performed to study the
interactions between Aβ42 peptides and membranes with various contents of cholesterol,
revealing the mechanisms by which cholesterol changes the mechanisms of Aβmonomers
and dimers binding and affinity to the lipid bilayer [16,18–20]. The binding of Aβ42 amyloid
fibrils to the lipid bilayer was also investigated using coarse-grained MD simulations and
showed that the addition of cholesterol increases the binding frequency and alters the
binding interface and contacts [21].

Little is known about the interactions of Aβ42 peptides with free cholesterol in the
bulk solution. The effect of unmodified cholesterol and charged cholesterol derivatives
on Aβ40 fibril formation was explored using a Thioflavin T kinetic aggregation assay,
atomic force microscopy and dynamic light scattering. At a concentration lower than
the critical micelle concentration, and therefore assuming that cholesterol exists mainly
as monomeric molecules, unmodified cholesterol and positively and negatively charged
cholesterol derivatives accelerate the aggregation rate of Aβ40, the aggregation half time
being reduced by 15 to 25% compared to Aβ40 peptide in phosphate buffer [22].

Using transmission electron microscopy, Harris et al. demonstrated the binding of
soluble 10 nm diameter cholesterol-PEG 600 micelles to Aβ42 fibrils and proposed that
binding involves the central hydrophobic core CHC spanning residues L17–A21 [23].
Atomistic 20 ns MD simulation of a system of four Aβ42-12 cholesterol molecules in a
box of water showed stable contact between the benzyl group of F19 and the cholesterol
micelle, which forms a flat surface and, notably, the steroid group of cholesterol [24]. It was
suggested that the carboxyl terminus spanning residues have a higher tendency to interact
with cholesterol and form β-sheet conformation [24].

It is well-established that lipids can be removed from the membrane because of
oligomers–membrane interactions [25–27]. Recent experimental studies indicate the critical
role of free phospholipids at a nanomolar to micromolar concentration in equilibrium
with the membrane (large unilamellar vesicles) in forming Aβ–lipids complexes that favor
amyloid–membrane poration [28,29]. We recently performed atomistic replica exchange
molecular dynamics (REMD) simulations of an Aβ42 dimer and trimer with cholesterol us-
ing the protein AMBER99sb-ildn force field (also called AMBER ff99sb-ildn) with the TIP3P
water force field. We reported on the drastic effect of cholesterol on the conformational
ensemble of both Aβ42 species and showed multiple transient binding modes involving
the residues L17–A21 and L30–M35 [30].

In this study, we further studied the impact of cholesterol with a ratio of 1:1 on
Aβ42 trimers in the bulk solution. First, replica exchange with solute tempering (REST2)
was chosen for sampling, as this procedure converges faster to equilibrium than REMD
while requiring a smaller number of replicas [31–33]. Second, we used CHARMM36m,
as this force field is more relevant for intrinsically disordered proteins [34] and small
oligomers of Aβ [35–39]. This allows comparison with our previous REMD study using
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AMBER99sb-ildn TIP3P [30]. Third, we examined the impact of the A2T mutation, known
to be AD protective, and the disease-causing A21G mutation [3] on the interactions of the
Aβ trimer–cholesterol by MD simulations. It is to be noted that the A21G and A2T Aβ42
oligomers were extensively studied by experimental and theoretical means in the bulk
solution [40–46]; however, no study reports on their interactions with free cholesterol.

2. Materials and Methods

As in our previous REMD study [30], the cholesterol molecule was geometrically
optimized by quantum mechanics with the B3LYP functional and the 6-31G(d,p) basis
set, and the cholesterol force field was parameterized using the general amber force field
(GAFF) [42], the restrained electrostatic potential (RESP) method [47] and the B3LYP
functional and the 6-31G(d,p) basis set [48].

In all simulations, Aβ42 peptides at pH 7 have NH3+ and CO2− termini, deproto-
nated Glu and Asp, protonated Arg and Lys and neutral His with a protonated Nε atom.
The Aβ42/cholesterol system was neutralized by sodium ions. Prior to MD and REST2
simulations, all systems were minimized with harmonic restraints on the positions of the
peptide Cα atoms and then equilibrated by MD at 310 K for 1 ns in the NVT ensemble,
followed by 2 ns in the NPT ensemble.

In REST2, we used the same initial structure of the Aβ42 trimer–cholesterol sys-
tem as in our REMD simulation inserted into a cubic water box of 7.26 nm size and
382.66 nm3 volume (10,869 water molecules). This structure with a high β-hairpin propen-
sity of each chain was already discussed in many simulations of Aβ monomers [3,22]
and oligomers [28,37,38,49,50] and in exploring amyloid oligomers with a peptide model
system [51]. The equilibrated structure shown in Figure 1 started from three separated
β-hairpins with one hairpin perpendicular to the other two peptides, and three choles-
terol molecules randomly positioned and orientated with respect to Aβ42 peptides with a
minimal distance of 1 nm from all Aβ42 atoms.
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Figure 1. Initial REST2 conformation of Aβ42 trimer—three cholesterols with Aβ42 forming β-sheets
at residues 13–21 and 29–35 of chain A (red), residues 16–22 and 31–37 of chain B (green) and residues
13–21 and 27–35 of chain C (yellow). Each N-terminus is shown by a blue ball. The three all-atom
cholesterol molecules are shown in green.

REST2 simulation with the CHARMM36m-TIP3P force field was performed using
NAMD [52]. We used a time step of 2 fs, a cutoff of 1.2 nm for Van der Waals interactions
and a cutoff of 1.1 nm for electrostatic interactions using the particle mesh Ewald (PME)
method [53]. REST2 scales the solute interactions by λwith the solute consisting of Aβ42
and cholesterol molecules, scales the solute–water interactions by λ1/2 and leaves the water–
water interactions unaltered. Using T min = 310 K and T max = 500 K with the number of
replicas set to 16, we performed REST2 simulation in the NPT ensemble at the temperature
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of 310 K for 250 ns on 16 replicas exchanging the following solute–solute corresponding
temperatures of 310, 320, 330.4, 341.1, 352.1, 363.5, 375.3, 387.5, 400, 413, 426, 440.1, 454.4,
469.1, 484.3 and 500 K, i.e., for λ varying between 1 and 0.75. Exchanges of configurations
between neighboring replicas were attempted every 1 ps. In the REST2 simulation, we used
Nose–Hoover Langevin pressure control and Langevin temperature control as described
in NAMD.

Note that MD simulations of the selected WT, A2T and A21G systems were performed
at 310 K using GROMACS [54] with the velocity-rescaling thermostat [55], a cutoff of
1.2 nm for Van der Waals interactions and a cutoff of 1.1 nm for electrostatic interactions
using the PME method.

To determine the interface between Aβ42 chains and cholesterols, we calculated the
distances between heavy atoms of cholesterols and non-hydrogen atoms of the side chain
residues of each Aβ42 chain. We considered that a contact formed between a side chain
residue and cholesterol if there was at least one distance below 0.45 nm. For clarity, we
report on the probability of side-chain contacts per Aβ42 chain and cholesterol molecule.
We also calculated the percentage of cholesterol monomers, dimers+monomer and trimers.
Monomers of cholesterol exist if there are no contacts between any two cholesterols, and
trimers of cholesterol are formed if there is at least one contact between all cholesterols,
a contact being defined if the intermolecular distance between any two heavy atoms is
less than 0.45 nm. The DSSP protocol was used to determine the secondary structure of
Aβ42 peptides [56].

The full energy landscape was approximated by a 2D energy landscape. First, the
trajectory was projected on the first two principal components obtained after the diago-
nalization of the positional fluctuation covariance matrix of the backbone peptides and
cholesterol atoms. Then, the free energy landscape was constructed from the previous data
using the formula −RT × log(H(x,y)), where H(x,y) is the histogram of the two selected
order parameters x and y [57]. The population of each minimum was determined by
counting all conformations around each minimum. The representative structure or center
of each cluster was obtained by the Daura clustering method [58].

In what follows, we used for comparison the time intervals 50–250 ns of the present
REST2 simulation at 310 K and our previous REMD simulation at 315 K. Note that if death
is imminent for humans at 315 K, atomistic protein simulations at 310 and 315 K led to
very similar thermodynamic and structural properties. Additionally, a pure cholesterol
bilayer was already explored at 310 K by all-atom MD simulations [59], and REST2 was
successfully shown to simulate the weak binding of Aβ40 peptides on a lipid bilayer [32]
and the lateral equilibration in mixed cholesterol-DPPC bilayers [60] very well.

3. Results and Discussion

The sampling of the REST2 simulation using 16 replicas is first illustrated by the
good overlap of the distributions of the potential energy between neighboring replicas
(Figure 2A). The exchanges of coordinates as a function of simulation time for replicas 1
(Figure 2B) and 16 (Figure 2C) indicate exploration of the full replica space in the nanosec-
ond time scale. Overall, the average acceptance probability at different replicas is 0.3. The
convergence of the REST2 simulation at 310 K is also assessed by the very high similarity
of the two FELs using the single REST2 trajectory at the time intervals 50–220 ns and
50–250 ns (Figure 3A,B).
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The secondary structure compositions of Aβ42 slightly vary between the two simu-
lations, reaching β-sheet and coil contents of 37% and 36% in REMD vs. 36% and 43% in
REST2. There are, however, differences along the amino acid sequence. Both methods give
the same β-strand content for the residues 15–21 and 28–37 (Figure 4A) and the same turn
probability for residues 22–27 (Figure 4B). The β-strand probability of residues 3–5 and the
turn character of residues 6–10 are, however, reduced by a factor of two from REMD to
REST2 (18% β-strand and 30% turn by REST2), leading to an enhancement of coil character
of the N-terminus (residues 1–10) in REST2 compared to REMD (Figure 4C). Additionally,
REST2 explores more β-strands at positions 36–41 (Figure 4A).

Differences in the conformational space explored by the REST2 and REMD simulations
are further analyzed by comparing the two FEL’s using the combined REMD and REST2
trajectories to compute the first two principal components. Though the direct comparison
is not possible because we use two distinct force fields, there is some overlap, but overall,
the free energy landscapes are different. In contrast to the REMD FEL (Figure 3C), the
REST2 FEL is divided into well-separated regions (Figure 3D). Additionally, the amplitudes
of fluctuation along the PC1 and PC2 are also much larger in REST2, and the REST2 FEL
is dominated by two states, S1 and S2, representing 40% and 22% of the full ensemble.
In contrast, the REMD FEL is dominated by two states representing 12% and 28% of the
conformational ensemble.
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Figure 3. Free energy landscapes of Aβ42 trimer + 3 cholesterols from PCA. REST2 FEL by using
the single REST2 trajectory at 310 K and time intervals 50–220 ns (A) and 50–250 ns (B). REMD FEL
(C) and REST2 FEL (D) by using the combined REST2 (310 K) and REMD (315 K) trajectories and the
time interval 50–250 ns. Note that the PC1 and PC2 differ from REMD to REST2.

Deviation between the REST2 and REMD conformational ensembles is observed for the
probability of side-chain contacts per cholesterol molecule and Aβ42 chain (Figure 5). Using
REST2, the highest binding spot with cholesterol molecules involves the side-chains of the
CHC region (residues 17–21) with a probability of 33% for the aromatic interaction with F19
and 17% for the interaction with L17, and then the side-chains of residues L30, I31 and I32
and residues L34 and M35 (average probability of 12%). The same residues are identified
with REMD, but the probability decreases notably for F19 to 25% and increases moderately
for the residues H6, Y10, V12, H13 and N27, with most probabilities remaining < 10%,
however. There is almost no difference between the REMD and REST2 populations of (free
monomers of cholesterol, dimers + monomer of cholesterol and trimers of cholesterol), as
they reach (0.5%, 43% and 56%) in REST2 vs. (0.6%, 47% and 52%) in REMD. It is found that
the network of interactions between the side-chains of Aβ42 varies with the aggregated
forms of cholesterol. Using REST2, there are 15 contacts per Aβ42 chain and per cholesterol
with a probability > 7.5% when cholesterol is in dimers + monomer form, while there
are 8 contacts formed when cholesterol is in trimer form, and this is accompanied by a
substantial probability reduction with the CHC region and residues 30–41 (Figure 6).
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Overall, there are non-negligible differences between the REST2 and REMD results.
REST2 results emphasize the role of the CHC region L17–A21 and the hydrophobic residues
L30–M35 and V39–I41 in the binding with the dimer form of cholesterol, and the residues
L17, F19, A21, V24, N27, I31 and I32 in the binding with the trimer forms of cholesterol.
This binding mechanistic view between the hydrophobic region of Aβ42 and cholesterol
explains why the nonvesicle forms of the negatively charged cholesterol sulfate and the
cationic cholesterol derivative, 3β(N-dimethylaminoethane)carbaloyl)-cholesterol, moder-
ately change the aggregation kinetics of Aβ40 [22]. Our cholesterol-binding mechanism
with an average probability of contacts of 16% averaged over the residues 17–21 is clearly
more complex than that previously described by short MD simulations, which only em-
phasized the critical role of the side-chain of F19 in the potentiation effect of cholesterol on
Aβ40 fibril formation [24].

The representative structures of the eight free energy minima designated as S1–S8
on the FEL with decreasing populations are shown in Figure 7. The first minimum, S1,
with a population of 40%, is characterized by three chains forming well-defined β-hairpins
and chains A and B forming a short-twisted four-stranded antiparallel β-sheet. The β-
strands cover residues L17–A21 and N27–I31 in chain A, residues L17–A21 and I32–V36
in chain B and residues H14–A21 and K28–M35 in chain C, indicating that the β-hairpins
are distinct and extend beyond the CHC region by including some residues in the loop
region (residues E22–K28). The second minimum (S2, population of 22%) displays two
highly bent and twisted β-hairpins with strands covering residues L17–F20 and A30–I41 in
chain A, residues L17–F20, K28–L34 and V39–I41 in chain C and chain B adopting a five
stranded β-sheet at R5–S8, Y10–Q15, L17–E22, I31–V36 and V39–I41. The orientation of the
three chains is complex as the C-terminus residues (30–41) of chain A are antiparallel with
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the K28–L34 residues of chain C, and the CHC of chain C is parallel to residues V39–I41 of
chain C.
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Figure 7. Representative structures and populations of eight free energy minima from REST2 simula-
tion at 310 K. Chain A is in red, chain C is in white and chain B is in pastel pink. The ball shows the N-
terminus of each chain. The cholesterols are visualized in all-atom and Van der Waals representations.

The S3, S4, S6 and S7 minima, with a total population of 29%, have aβ-strand content of
36% and share the same topological features: two peptides with highly twisted β-hairpins
(chains A and B) covering distinct amino acids perpendicular to each other, and a third
disordered and compact peptide (chain C) with no preferred interface with the other two
chains. For instance, there is a small intermolecular β-sheet between residues V40–I41
and K28–G38 in S3 and between residues L34–V36 and V39–I41 in S4. The S5 state with
a population of 7%, dominated by a coil (49%) with low β-strand content (29%), forms
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a twisted four-stranded antiparallel β-sheet (chains A and B) with chain C having very
deformed β-strands. Finally, the S8 state with a population of 2% is amorphous and has
high turn and coil contents of 36% and 38%. S8 has a low β-strand content of 24% with
strands at residues Q15–V18, L30–G33 and V40–I41 in chain A and residues V18–E22,
I31–M35 and V39–V40 in chain B, forming a short intermolecular parallel β-sheet between
the two termini of chains A and B. In this state, chain C is almost devoid of any secondary
structure with the exception of a small helix covering residues A30–G33.

The various globular shapes of β-strand contents varying between 24% (S8 state) and
42% (S2) are all characterized by different orientations and packings of the chains, but also
different binding interfaces and hot spots with cholesterol (Figure 8). In the S1 state, the
residue hot spots with a trimer of cholesterol involve residues H14, K16, N27, K28 and
I31 of chain A, and residues A2, F19, A21, D23, L30, I32 and L34 of chain B. In this state,
cholesterol is located at the surface of the Aβ trimer (Figure 7, S1 state). The S3 state has
almost the same residues for binding and a trimer of cholesterol located at the surface. The
S5 state is also characterized by a trimer of cholesterol at the surface, but binding involves
many residues in the F4–L34 region of chain B, the residues V24, K28, I31, I41 and A42 of
chain A, and residues E22 and A42 of chain C (Figure 8). In total, 57% of Aβ states have a
trimer of cholesterol at the surface.
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Figure 8. Contact between each Aβ42 chain (A, B, C) and cholesterols. Shown are results for each free
energy minimum Si (i = 1 . . . 8). One Aβ42 side-chain and one cholesterol molecule are considered in
contact if there is at least one intermolecular distance below 0.45 nm.

The S4, S6 and S7 states representing 22% of the ensemble are characterized by a dimer
of cholesterol at the surface and one cholesterol inserted into the complex (Figure 7). In
these states, we find that the residues 16–22 are essential for binding, but many residues
from the region K28 to A42 and a few residues in the N-terminus (residues F4, H6, S8
and V12) participate as well (Figure 8). Finally, the S2 state reveals a dimer of cholesterol
inserted in Aβ trimer and one cholesterol at the surface with binding residues D1–F4,
Q15–V24 and K28–I41. In contrast, the S8 state reveals a trimer of cholesterol in the interior
of oligomers with binding residues D1–Q15 and K16–V36 (Figure 7 panel S8 and Figure 8).
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Overall, these results are very different from a previous MD simulation which only
reported on interactions of Aβ42 peptides bound to the surface cholesterol micelle [22].
Our cholesterol-binding sites of Aβ42 also differ from combined docking modelling and
surface pressure studies of Langmuir monolayers that suggested the region E22–M35 as
the minimal cholesterol-binding site. It must be stressed that the docking procedure used
the NMR structure of an Aβ monomer mixed with detergent micelles, characterized by
an alpha-helix at residues Q15–V36 with a hinge at residues G25–N27 [61]. However, it is
interesting that our simulations report on the contribution of the loop residues E22–K28 in
the binding process.

To further understand the binding mechanism of cholesterol, Figure 9 report the time-
averaged probability of contacts between the cholesterol molecules and the side chains of
wild-type (WT) Aβ42, A21G Aβ42 and A2T Aβ42 obtained from a total of 3 microseconds
per system (namely 1 microsecond MD simulation starting from the S1, S2 and S4 structures
at 310 K shown on Figure 7). Though the S1, S2 and S4 structures of WT represent 70% of the
full conformation space of the wild-type sequence, they were selected because they display
hot spots involving the N-terminus, the CHC, the loop region and the C-terminus. It is
important to stress that these two mutations were also selected because A2T introduces a
hydrophilic residue and thus potentially reduces the hydrophobic surface with cholesterol,
and A21G because it reduces the total hydrophobic character of the CHC region. Our
results show that both mutations do not change the profile of interactions per Aβ42 residue
and per cholesterol in all regions of Aβ42, including the N-terminus and the CHC region
(Figure 9). These results suggest that cholesterol should moderately alter the aggregation
kinetics of Aβ42 A2T and Aβ42 A21G in the bulk solution, with an enhancement that
should be comparable to that observed for WT Aβ42 [22].
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4. Conclusions

In summary, we determined the Aβ42/cholesterol trimeric states by means of REST2
simulations and a force field designed for intrinsically disordered proteins. Consistent with
our previous REMD simulation using a force field for well-structured proteins [30], we
found that the conformational space does not contain the aggregation-prone state of the
parallel U- and S-shape Aβ42 fibrils [2] but displays some antiparallel dimers with short
intermolecular β-sheets built on strands located at different regions that go beyond the
CHC region. Based on our previous REMD study of Aβ42/cholesterol dimers showing
an increase of the population of β-hairpin and β-sheet contents upon cholesterol addition
compared to a pure bulk solution [30], it is likely that all Aβ42 oligomers mixed with free
cholesterol will show more β-structural and antiparallel β-sheet features of the peptides
than in pure bulk solution as the oligomer size augments [50].

Our simulations also show that the formation of Aβ42 trimers in the presence of choles-
terol involves two binding interfaces. A first highly populated one, where cholesterols are
mainly located at the surface of Aβ oligomers (either as a trimer or a dimer of cholesterol),
and a second much less populated where cholesterol is fully inserted in the interior of the
Aβ oligomers. The predominance of the first binding interface implies that cholesterol
should act as a glue to speed up the formation of larger aggregates and therefore catalyzes
primary nucleation. This explains the modest but non-negligible experimentally observed
acceleration of the aggregation rate of Aβ40 and Aβ42 in the presence of cholesterol [22].

Finally, we found that the binding hot spots of Aβ are very complex and go much
beyond the CHC region (residues L17–A21) and the hydrophobic residues L30–M35. Our
mechanism cannot be generalized to all amyloid proteins. Indeed, it was shown that free
cholesterol has an inhibitory effect on the aggregation of the 37-residue amylin protein,
which has two hydrophobic regions, LANFLV and FGAIL, separated by HSSNN, in both
solutions and on model membranes [62]. Clearly, a better understanding of the interactions
of free cholesterols or free phospholipids on amyloid aggregates in the brain either by
computational [63] or experimental [25,64] means must be further explored. To this end,
we are coupling a coarse-grained protein force field in an aqueous solution [65,66] with
coarse-grained cholesterols and phospholipids [67] to explore larger aggregates and the
impact of other disease-causing and disease-protecting mutations [68–71].
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Abstract: Amyloid fibrils have been an important subject as they are involved in the development
of many amyloidoses and neurodegenerative diseases. The formation of amyloid fibrils is typically
initiated by nucleation, whereas its exact mechanisms are largely unknown. With this situation, we
have previously identified prefibrillar aggregates in the formation of insulin B chain amyloid fibrils,
which have provided an insight into the mechanisms of protein assembly involved in nucleation.
Here, we have investigated the formation of insulin B chain amyloid fibrils under different pH
conditions to better understand amyloid nucleation mediated by prefibrillar aggregates. The B chain
showed strong propensity to form amyloid fibrils over a wide pH range, and prefibrillar aggregates
were formed under all examined conditions. In particular, different structures of amyloid fibrils were
found at pH 5.2 and pH 8.7, making it possible to compare different pathways. Detailed investigations
at pH 5.2 in comparison with those at pH 8.7 have suggested that the evolution of protofibril-like
aggregates is a common mechanism. In addition, different processes of evolution of the prefibrillar
aggregates have also been identified, suggesting that the nucleation processes diversify depending
on the polymorphism of amyloid fibrils.

Keywords: amyloid; insulin B chain; nucleation; prefibrillar aggregates; protofibrils

1. Introduction

Amyloid fibrils are protein aggregates that are associated with many serious human
diseases [1]. They typically show needle-like morphology, which is formed by the inter-
twining of protofilaments with a characteristic cross-β structure [2–4]. Recently, detailed
structural investigations using cryo-electron microscopy and solid-state NMR techniques
have determined many structures of amyloid fibrils at higher spatial resolution [5–7]. The
molecular structures have demonstrated a common characteristic that polypeptide chains
are folded into a planar structure, and then stack along the fibril axis. This is suggestive
of highly ordered and periodic architecture of amyloid fibrils, and, probably because of
this structure property, the formation of amyloid fibrils typically exhibits a nucleation step
similar to the crystallization of a wide range of substances [8,9]. Nucleation is the first step
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in the emergence of amyloid structures in a reaction system, and primarily determines the
progression of amyloid formation as well as the length of the lag phase as a rate-limiting
step. Although recent modeling analyses have suggested that secondary nucleation and
fragmentation are also involved in the late lag phase [10–12], investigating early aggrega-
tion of protein or peptide molecules is important for elucidating the initiation of amyloid
formation and for developing strategies for preventing and treating amyloid-related dis-
eases at early stages. However, detailed mechanisms of protein assembly that progresses
during the formation of amyloid nuclei remain largely unclear.

To elucidate the mechanism of amyloid nucleation, studies have been carried out to
propose appropriate reaction schemes as well as kinetic parameters that can reproduce
experimental observations. The most fundamental and simplest mechanism of nucleation
is assumed to progress in one step, and in this case, the process is accomplished without
passing through any thermodynamically stable intermediates [13]. On the other hand,
prefibrillar aggregates have often been identified in early stages of amyloid formation
reactions, and some of them have been suggested to play an important role for amyloid
nucleation [14–17]. The nucleus conformational conversion (NCC) proposed in the Sup35
study is the first model describing multistep nucleation mediated by prefibrillar aggre-
gates [14], and since then, the involvement of oligomers in nucleation has often been argued.
Nevertheless, previous studies have identified aggregates involved as off-pathway inter-
mediates in the formation of amyloid fibrils [18,19], and the role of prefibrillar aggregates
often seems controversial. Trapping and characterizing structures and formation processes
of prefibrillar aggregates in a wide range of proteins and discussing their detailed roles in
nucleation are, therefore, important for facilitating our understanding of protein assembly
mechanisms in the initial stage of amyloid formation.

Given this research background, we previously found that prefibrillar aggregates
function as a nucleation intermediate in the amyloid formation of an insulin-derived
peptide B chain. Insulin is composed of two polypeptide chains, and the B chain is one of
them, composed of 30 amino acid residues. High amyloid propensity of the B chain was
previously revealed [20], and in our analysis, large amounts of prefibrillar aggregates were
clarified to accumulate before the appearance of amyloid fibrils [21]. The formed prefibrillar
aggregates were metastable and the application of agitation significantly promoted the
formation of amyloid fibrils. It was also suggested that targeting the prefibrillar aggregates
is an efficient strategy to inhibit amyloid formation [22]. These observations indicate the
deep involvement of the B chain prefibrillar aggregates in the nucleation process. It is
therefore expected that the B chain will serve as a useful model system for examining the
detailed mechanism of the nucleation process mediated by prefibrillar aggregates.

In this study, we have found that similar prefibrillar aggregate-mediated amyloid
formation proceeds over a wide pH range between 5.2 and 9.1. With a main focus on the
amyloid formation at pH 5.2 showing a different pathway from that previously investigated
at pH 8.7 [21,22], we have analyzed structural properties of prefibrillar aggregates and
their formation processes through the combination of various analytical techniques, i.e.,
thioflavin T (ThT) fluorescence, attenuated total reflectance Fourier transform infrared
(ATR-FTIR) spectroscopy, circular dichroism (CD) spectroscopy, atomic force microscopy
(AFM), small-angle X-ray scattering (SAXS), and dynamic light scattering (DLS). The
structural properties of the prefibrillar aggregates have suggested that they are protofibril-
like, exhibiting partially organized β-structure and rod-like shape. It has also been clarified
that both of their structure and size gradually developed during the formation of prefibrillar
aggregates. By measuring the time course of prefibrillar aggregation of the B chain at pH
5.2, we discuss the formation processes of prefibrillar aggregates, and furthermore, their
pathway dependence in comparison with that at pH 8.7.
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2. Results
2.1. Amyloid Formation at Various pH Values

We monitored aggregation reactions at different pH values ranging from 3.0 to 9.1.
When reactions were performed under agitated conditions (i.e., shaking at 1200 rpm), an
increase in ThT fluorescence intensity was observed at almost all pH conditions except
pH 3.0 (Figure 1A). In addition, the AFM images of the reaction products with positive
ThT fluorescence intensity showed characteristic morphologies typical of amyloid fibrils
(Figure 1B), suggesting that the B chain has a strong propensity to form amyloid fibrils
over a wide pH range. At pH 5.2, many amyloid fibrils were observed in the AFM image
despite the fact that the ThT fluorescence intensity was lower than the others (Figure 1A,
inset, and Figure 1B).
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Figure 1. Aggregation reactions of insulin B chain at various pHs under (A,B) agitated and (C,D) qui-
escent conditions. The B chain at a concentration of 1.40 mg/mL was incubated at 25 ◦C, and in
agitated conditions, the sample was shaken continuously at 1200 rpm. (A,C) Time courses of ThT
fluorescence intensity under (A) agitated or (C) quiescent conditions. The mean values of triple data
are plotted with standard deviations as error bars. (B,D) AFM images of aggregates after incubation
for 2.5 h under (B) agitated or (D) quiescent conditions. Scale bars represent 1 µm.

In our previous investigation at pH 8.7, prefibrillar aggregates were transiently ac-
cumulated early in the amyloid formation reaction [21]. They were characterized as a
metastable species being trapped under quiescent conditions. To examine whether similar
prefibrillar aggregates are involved at different pH values other than pH 8.7, aggregation
reactions were monitored without agitation. As a result, a slight increase in ThT fluores-
cence was observed at pH range between 5.2 and 8.7 (Figure 1C). When the morphology
of the reaction products was analyzed by AFM, nonfibrillar aggregates were observed in
all conditions showing positive ThT fluorescence (Figure 1D). At pH 9.1, a small number
of particle-like aggregates was observed even though ThT fluorescence was almost under
detection limits (Figure 1C, inset, and Figure 1D), suggesting that nonfibrillar aggregation
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progresses to some extent. Taken together, amyloid formation accompanying nonfibrillar
aggregates has been suggested to progress under a wide range of pH between 5.2 and 9.1.

2.2. Structure of Nonfibrillar Aggregates Formed under Quiescent Conditions

To characterize the structure of nonfibrillar aggregates observed under quiescent con-
ditions, we measured ATR-FTIR spectra. Although the amount of nonfibrillar aggregates
formed at pH 9.1 was small, the measurement was realized by increasing sample volume.
At all pH values, the aggregates were richer in random coil, as represented by a larger
peak around 1650 cm−1, than in amyloid fibrils, although the β-sheet component at around
1625 cm−1 was contained to some extent (Figure 2). This suggests that nonfibrillar aggre-
gates are not fully disordered but contain β structure. The β-sheet peak of nonfibrillar
aggregates tended to be located slightly at a lower wavenumber than that of amyloid
fibrils. Furthermore, a characteristic peak was commonly observed at around 1695 cm−1,
presumably corresponding to antiparallel β-sheet [23]. These spectral properties suggest
that the β structure contained in nonfibrillar aggregates has different properties from that
of amyloid fibrils.
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Figure 2. Structural properties of nonfibrillar aggregates formed under quiescent conditions at
various pHs. ATR-FTIR absorption spectra and their second derivatives are shown in upper and
lower panels, respectively. Solid lines indicate the spectra of nonfibrillar aggregates formed under
quiescent conditions, and the spectra of amyloid fibrils formed under agitated conditions are also
represented by black dotted lines. Spectra were normalized so that the integrated intensity of the
amide I band ranging from 1580 to 1750 cm−1 was set to be equal.

We next examined whether the nonfibrillar aggregates play a role as intermediates
of amyloid formation. In the previous work conducted at pH 8.7, nonfibrillar aggregates
formed under quiescent conditions were transformed into amyloid fibrils by supplying a
mechanical stimulus with shaking or ultrasonic wave [21]. To test whether similar agitation-
induced conversion to amyloid fibrils occurs at other pH conditions, nonfibrillar aggregates
formed by incubating for 2.5 h under quiescent conditions were shaken for 2.5 h, and
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then FTIR spectra were measured. The resulting spectra showed a similar shape to that
of amyloid fibrils in all conditions (Figure 3A), and the formation of amyloid fibrils was
confirmed by AFM at pH 5.2 as a representative (Figure 3B), raising a possibility that these
nonfibrillar aggregates function as precursors of amyloid fibrils.
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Figure 3. Agitation-induced conversion of nonfibrillar aggregates to amyloid fibrils. (A) ATR-FTIR
absorption spectra of nonfibrillar aggregates measured after subjected to agitation. The spectra of
amyloid fibrils formed under agitated conditions (the same spectra shown in Figure 2) are overlaid
with dotted lines for references. (B) AFM images at pH 5.2 before and after agitation. Scale bars
represent 1 µm.

2.3. Formation Process of Prefibrillar Aggregates at pH 5.2

When the FTIR spectra of the formed amyloid fibrils were compared at different
pHs, the position and intensity of main absorption peaks showed pH dependence. In
particular, the spectrum at pH 5.2 had two β-sheet peaks at 1621 cm−1 and 1632 cm−1,
which were clearly identified by the second derivative, suggesting that the pH 5.2 amyloid
fibrils contain two types of β-sheet structures with different hydrogen bond arrangements.
On the other hand, the spectra at the other pH values showed no clear separation of
the β-sheet peak (Figure 2). The difference in amyloid structure between pH 5.2 and
pH 8.7 was also supported by a comparison of proteinase K digestion (Figure S1) and
cytotoxicity (Figure S2). Given the polymorphism in the final product, it was expected that
the formation of B chain amyloid fibrils proceeds at pH 5.2 in a different pathway from
other pH conditions. We therefore selected pH 5.2 as a target of investigation in comparison
with pH 8.7 analyzed in the previous study [21,22].

To characterize the detailed process of aggregation at pH 5.2, a time-dependent change
in secondary structure was tracked by using far-UV CD spectra. The spectrum changed
in two steps under agitated conditions, supporting that the formation of amyloid fibrils
progresses via prefibrillar aggregates (Figure S3). The formation process of prefibrillar
aggregates was successfully observed under quiescent conditions, although it was much
faster than at pH 8.7, showing a large burst phase (Figure 4A,B, blue plots). When additional
measurements were performed at lower B chain concentrations, earlier structural changes
could be captured because aggregation rate slowed down. The time-dependent changes in
spectra were reasonably explained by an exponential or a biexponential function at each B
chain concentration (Figure 4A). Combining all the convergent spectra estimated by the
fitting of the spectral time courses, we found that the change in CD spectrum converged
to a total of four different spectra, i.e., the first and second spectra at 0.22 mg/mL; the
second spectrum at 0.25 mg/mL; the third spectrum at 0.30 mg/mL; the third spectrum
at 0.50 mg/mL; the third and fourth spectra at 0.70 mg/mL; and the fourth spectrum at
1.40 mg/mL (Figure 4C). Given that each of them was observed for at least two different
concentrations, the appearance of these spectra was considered to be sequential over the
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increase of peptide concentration. This result suggests that there are four steps in secondary
structural change during the formation of prefibrillar aggregates at pH 5.2. At pH 8.7,
on the other hand, the spectral change at 1.40 mg/mL did not show a significant burst
phase, and two steps were identified (Figure 4D). The difference in the number of steps
suggests that the process of prefibrillar aggregation diversifies in a pathway-dependent
manner. In addition, although difficult to detect in FTIR spectroscopy, the final shape of
the CD spectrum showed a slightly different minimum wavelength between pH 5.2 and
8.7 (Figure 4E), implying that these prefibrillar aggregates have structural differences to
some extent.
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Figure 4. Difference in the formation process of prefibrillar aggregates between pH 5.2 and pH 8.7 as
revealed by CD spectral changes. (A) Time-dependent changes in the values of mean residue molar
ellipticity at 216 nm [θ216 nm] at pH 5.2. Plots at six different peptide concentrations (0.22 mg/mL, red;
0.25 mg/mL, orange; 0.30 mg/mL, magenta; 0.50 mg/mL, green; 0.70 mg/mL, cyan; 1.40 mg/mL,
blue) are shown. Black lines represent regression curves obtained by fitting analysis with an expo-
nential or a biexponential function, using Equation (1) (for 0.25 mg/mL, 0.30 mg/mL, 0.50 mg/mL,
and 1.40 mg/mL) or Equation (2) (at 0.22 mg/mL and 0.70 mg/mL). A black circle indicates the
value of the monomeric B chain measured in NaOH. (B) Time-dependent changes in the values of
[θ216 nm] at pH 8.7. Plots at a peptide concentration of 1.40 mg/mL are shown. A black line represents
a regression curve obtained by spectral fitting using a biexponential function, Equation (2). A black
circle indicates the value of the monomeric B chain. (C) CD spectra of intermediate states at pH 5.2
reproduced by spectral extrapolation at each phase in the spectral fitting. Overlaying spectra obtained
at different peptide concentrations (closed circles, 0.22 mg/mL; open circles, 0.25 mg/mL; closed
triangles, 0.30 mg/mL, open triangles, 0.50 mg/mL; closed squares, 0.70 mg/mL; open squares,
1.40 mg/mL) suggested four different states, which are colored by red, orange, green, and blue in
order of appearance, respectively. (D) CD spectra of intermediate states at pH 8.7 reproduced by
spectral extrapolation at each phase in the spectral fitting. The result suggested two different states,
as shown by red and blue diamonds in order of appearance. (E) Comparison of final convergent
spectra between the pH 5.2 and the pH 8.7 prefibrillar aggregates.
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To track the progress of aggregation during the organization of secondary structure,
the time course measurement of 1H-NMR spectra was also performed. It was conducted
at a peptide concentration of 0.22 mg/mL, the lowest concentration used for the CD
measurement to track the earliest conformational changes (see Figure 4A). The results
showed that proton signals almost disappeared immediately after the start of the reaction,
suggesting rapid progression of aggregation (Figure 5A). The decay of the NMR peaks
demonstrated that the monomer concentration dropped to 4% within 7 min from the start
of the reaction, and by comparing with the changes in CD spectra, it was revealed that
disordered aggregation occurred before the formation of secondary structure (Figure 5B).
Considering that the proton signal typically disappears when the molecular diameter
becomes 30–40 nm [21], the initial aggregates were estimated to have a significant number
of associations of the B chain peptides. However, their accurate size could not be measured
by DLS or SAXS in this work due to the experimental limitation that their formation was
only allowed at low peptide concentrations. This reaction process is obviously different
when compared to the reaction at pH 8.7, where aggregation and conformational changes
occur synchronously [21].
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Figure 5. Quantification of residual monomers in the process of the formation of prefibrillar aggre-
gates at pH 5.2 using 1H-NMR spectra. (A) Time-dependent change in 1H-NMR spectra in a low
magnetic field region. The measurement was performed at a B chain concentration of 0.22 mg/mL.
Inset shows a magnified view of peaks of two histidine ε protons, which were used for quantifying the
fraction of residual monomers. The black line is the spectrum of a monomer state obtained with the B
chain dissolved in a NaOH solution, and it should be noted that the peaks of two histidine ε protons
are observed at around 7.6 ppm due to difference in pH. (B) Time course of the fraction of the residual
monomers estimated from the area of the histidine peaks. For comparison, the time-dependent
change in [θ216 nm] at 0.22 mg/mL shown in Figure 4A is overlaid.

2.4. Size and Shape of the pH 5.2 Aggregates

To analyze the size and shape of prefibrillar aggregates formed at pH 5.2, SAXS
measurements were performed. The B chain solution at pH 5.2 was loaded into the cell at
a concentration of 1.40 mg/mL, and SAXS profiles were obtained continuously until the
reaction completed. Figure 6A shows SAXS profiles monitored at several time points in the
process of the formation of prefibrillar aggregates. The slope of the I(q) against q exhibited
a value close to −1, suggesting that prefibrillar aggregates have a rod-like shape. Although
this result apparently contradicts the AFM measurements where granular particles were
observed (Figure 1D), this is presumably because prefibrillar aggregates are fragile and
unstable against washing of the sample plate when preparing the AFM sample [22].
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Figure 6. Characterization of the size and shape of prefibrillar aggregates at pH 5.2 monitored by
SAXS. The measurement was performed at 1.40 mg/mL. (A) Double logarithm plots of the SAXS
profiles at different time points. Solid lines indicate fitted lines using Equation (3) in Porod region.
(B) Cross-section plots. Solid lines indicate fitted curves obtained using Equation (4). (C) Time
changes of Rp (black) and L (red), which were obtained from Rc in panel B and the DLS data in
Figure S4 using Equations (5) and (6). A solid line indicates the mean of the Rp values.

Under an assumption that the shape of the peptide aggregates can be approximately
regarded as a rod, we could evaluate the cross-section inertia radius (Rc) from the slope
of a cross-section plot. The slope of the cross-section plot was almost constant (Figure 6B)
and the time dependence of Rc suggested that the intermediates maintain the same radius
during the measurement time period. The radius of the rod (Rp), which is equal to

√
2Rc (see

Equation (5)), was calculated to be 3.9 ± 0.3 nm (Figure 6C), and no significant difference
was found from that at pH 8.7 estimated in our previous study (3.7 ± 0.1 nm) within
experimental errors [24]. By using diffusion coefficient DT obtained from DLS and Rp,
we further attempted to estimate the length (L) of the rod through Equation (6). The L
values (Figure 6C) showed time-dependent elongation of the rod towards the length of
610 nm, which was longer than the value at pH 8.7 (480 nm) [24]; however, the lengths
have relatively large errors and distribution as suggested by DLS (Figure S4), and the
approximate shape appeared to be similar, between pH 5.2 and pH 8.7.

3. Discussion

The insulin B chain has been shown to have an ability to form amyloid fibrils under a
wide range of pH conditions with the help of agitation. In all of the amyloid formations
investigated, prefibrillar aggregates were observed immediately after the reaction started,
and had a common tendency to accumulate under quiescent conditions as a metastable
state. The structure of prefibrillar aggregates was not completely disordered but contained
some amount of β-sheet, which is validated by the fact that ThT fluorescence intensity
of these aggregates showed slightly positive values. Furthermore, they transformed into
amyloid fibrils when subjected to agitation, which would provide mechanical stimuli to
prefibrillar aggregates. This behavior is similar to that of prefibrillar aggregates at pH 8.7,
which have been suggested to function as a nucleation precursor. It has therefore been
suggested that the B chain has a strong propensity for nucleation in a multistep way under
a wide range of reaction conditions.

From the FTIR spectra along with proteinase K digestibility and cytotoxicity, structural
differences have been revealed between amyloid fibrils formed at pH 5.2 and at pH 8.7.
The differences in the final product indicate that the formation pathway of amyloid fibrils
varies with pH, which has allowed us to examine prefibrillar aggregates in different
pathways. Figure 7 summarizes the reaction schemes proposed at pH 5.2 and pH 8.7. As a
basic property of prefibrillar aggregates, rod-like shape and immature β-sheet structure
analogous to protofibrils have been revealed irrespective of pathways. In addition, the
elongation of the protofibril-like aggregates along the long axis was observed similar to pH
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8.7, although the observation was limited at pH 5.2 because the reaction rate was too rapid
to be fully tracked.
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While the basic property of prefibrillar aggregates was similar between pH 5.2 and
pH 8.7, there were differences in detailed processes. The most notable was the number
of steps, with a larger number of intermediates observed at pH 5.2 than at pH 8.7. It
was additionally demonstrated that the clustering of peptide molecules preceded their
structural development at pH 5.2, unlike pH 8.7, where size and structural development
occurred synchronously. The factor that contributes to the difference in the formation
process between pH 5.2 and pH 8.7 is considered to be the charged state of the B chain
peptide. Given that the pKa values of histidine residues at the 5th and the 10th positions, and
cysteine residues at the 7th and 19th positions are between these two pHs, these residues
are deduced to influence the modes of aggregation. Although only slight differences in size
and structure of prefibrillar aggregates could be detected from the analytical techniques
used in this work, the pH-dependent change in charge distribution is predicted to modify
regions where intermolecular interactions are likely to occur and then to guide to different
pathways reaching distinct prefibrillar aggregates.

The tracking of prefibrillar aggregation in the B chain prior to amyloid formation in
a comparative way of the two different pathways has shed light on multistep nucleation
mechanism of amyloid fibrils. The simplest scheme describing amyloid nucleation is a
one-step without intermediates, and in this case, a classical nucleation theory established
in crystallography provides an important framework for explaining it reasonably from an
energetic view [25,26]. According to this theory, energy change upon crystal formation is
described as the sum of the bulk free energy and the interfacial free energy as positive and
negative driving forces, respectively. The change in balance of these two energy terms as a
function of crystal size and shape produces energy cost until the crystal reaches a critical
size, which corresponds to an energy required for nucleation.
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In the case of the B chain, however, the nucleation does not fit the classical nucleation
theory, and instead, prefibrillar aggregation progresses transiently at an initial stage. The
formation of prefibrillar aggregates prior to the appearance of amyloid fibrils is presumed
to be due to their kinetic stability. The less organized structure of prefibrillar aggregates
tends to exhibit low interfacial energy cost, and therefore the initial energy required for
their formation is expected to be low. However, since prefibrillar aggregates are less
thermodynamically stable, they need to grow into a more energetically stable state, and
eventually, into the most stable amyloid fibril state. Given that the formation of oligomers
and protofibrils have been widely observed in many proteins [27], the gradual structural
development of prefibrillar aggregates towards amyloid fibrils as observed in the B chain
may be one of the representative schemes of amyloid nucleation.

In the multistep nucleation scheme, the process of transforming prefibrillar aggregates
to amyloid fibrils is considered the rate-limiting step. It is estimated that direct structural
conversion, as proposed in the NCC model, is a candidate mechanism for the structural
transformation. Indeed, although not very numerous, some experiments have shown
that prefibrillar aggregates convert directly into amyloid fibrils without dissociating into
monomers [15,17,28]. Furthermore, computational simulation studies have identified a
conversion pathway between prefibrillar and fibrillar forms [29,30]. In addition to this,
secondary nucleation, which has recently attracted much attention as an important reaction
to proliferate amyloid fibrils [11,12,31], is predicted an alternate mechanism. In this case, the
surface of prefibrillar aggregates is conceived to function as a reaction field for secondary
nucleation, and prefibrillar aggregates themselves then eventually dissociate to supply
peptides for the growth of more stable amyloid fibrils. Although it is not possible to
conclude exactly the mechanism actually adopted, direct conversion might be a strong
candidate considering that amyloid formation occurred via prefibrillar aggregates even
at pH 5.2, where almost all fraction of the monomers was depleted after the formation of
prefibrillar aggregates.

The previous observation at pH 8.7 has suggested that specific structural features
of prefibrillar aggregates play an important role when they mediate nucleation. Prefib-
rillar aggregates are predicted to link to amyloid fibrils on the energy landscape when
their structure allows the transition energy to amyloid fibrils to be reduced enough to be
overcome. Interestingly, FTIR spectra commonly showed that prefibrillar aggregates of
the B chain contained a small amount of antiparallel β-sheet structures, as seen in many
other oligomers and protofibrils [29,32–34], although the significance of such a structural
property for the transition to the fibril state is still unknown. Given that similar structural
properties are observed regardless of pH conditions, the nonfibrillar aggregates at other pH
conditions are also expected to convert to amyloid fibrils, as at pH 8.7 and 5.2. However,
nucleation from coexisting monomers may also need to be considered, especially at pH
9.1 where only a small amount of aggregates is formed. Clarifying detailed structures of
various prefibrillar aggregates, as well as capturing the moment when they form nuclei,
will reveal the exact role of prefibrillar aggregates.

Furthermore, the identified variety in evolution of prefibrillar aggregates has provided
insights into amyloid polymorphism. Diverse amyloid structures formed from the same
protein or polypeptide have recently attracted attention since they have been proposed to
be involved in different pathologies [35]. The present study has suggested that different
patterns of prefibrillar aggregation accompany polymorphic pathways. Prefibrillar aggre-
gation is estimated to proceed under conditions that exceed the peptide solubility limit,
and where the peptides form a variety of assembly structures reflecting the state of the
peptides. The resulting diversity of prefibrillar aggregates is expected to guide various
pathways for amyloid formation. Investigating amyloid formation pathways in terms of
prefibrillar aggregates will provide deeper understanding not only of nucleation itself, but
also of pathogenesis associated with polymorphism.

124



Molecules 2022, 27, 3964

4. Materials and Methods
4.1. Purification of Insulin B Chain

Insulin B chain was isolated from human insulin (FUJIFILM Wako Pure Chemical,
Osaka, Japan) as in our previous works [21,22]. The B chain was dissolved in 10 mM NaOH
and stocked at −80 ◦C before use. The purity of the B chain was assessed by the 1H signals
of ε protons in tyrosine residues obtained using the NMR spectrometer, AVANCEIII HD
(Bruker, Billerica, MA, USA). The concentration of B chain was determined by using the
absorption coefficient of 0.90 (mg/mL)−1cm−1 at 280 nm in 10 mM NaOH solution.

4.2. Formation of B Chain Amyloid Fibrils

The formation of amyloid fibrils of B chain was carried out with peptide concentration
ranging from 0.22 to 1.40 mg/mL (i.e., 64 to 408 µM) and at pH ranging from 3.0 to 9.1. The
B chain in 10 mM NaOH was diluted by an approximately half volume of an appropriate
buffer, i.e., glycine for pH 3.0, acetate for pH 5.2, phosphate for pH 6.4, 7.0, and 7.8, and
Tris for pH 8.7 and 9.1, to reach a final peptide concentration. The final buffer concentration
was 50 mM, and the sample contained 5 mM NaCl generated by neutralizing NaOH in the
B chain solution. All experiments were performed at 25 ◦C under agitated or quiescent
conditions. In experiments conducted under agitated conditions, the samples in microtubes
were incubated under continuous shaking at 1200 rpm using a ThermoMixer C (Eppendorf,
Hamburg, Germany). In experiments conducted under quiescent conditions, samples
prepared in microtubes were placed in an air incubator.

4.3. ThT Assay

The formation of amyloid fibrils was monitored by ThT fluorescence. In the assay, 5µL
of a sample solution was mixed with 1.5 mL of a ThT assay solution, which was composed of
5 µM ThT and 50 mM glycine buffer (pH 8.5). One minute after the incubation, fluorescent
intensity was recorded at 485 nm with an excitation at 445 nm using the spectrofluorometer,
RF-5300pc (Shimadzu, Kyoto, Japan).

4.4. AFM

AFM images were obtained using micro cantilever (OLYMPUS, Tokyo, Japan) and
the dynamic force mode with Probestation NanoNavi II/IIe (Hitachi High-Tech Science,
Tokyo, Japan). Five to twenty microliters of a sample were loaded to a mica plate, left for
one minute, and then rinsed using 200 µL of water. The sweep rate was set to 0.5 or 1.0 Hz.

4.5. ATR-FTIR Spectroscopy

ATR-FTIR spectra were measured with a Nicolet iS5 FT-IR equipped with an iD5 ATR
accessory (Thermo Fisher Scientific, Waltham, MA, USA). Samples of all pH conditions
were precipitated by centrifugation in the presence of 0.5 M NaCl and resuspended in
water. This process was repeated three times to replace the buffer solution in the sample
with water. The suspension was placed on a diamond crystal prism and then dried. FTIR
measurement was performed by collecting 128 interferograms at a resolution of 4 cm−1.

4.6. CD Spectroscopy

Far-UV CD spectra were measured to investigate the secondary structure of the
product, as well as to track the time-dependent structural changes. CD spectra were
obtained using a CD spectrometer, J-1100 (JASCO, Tokyo, Japan). A sample was placed
in a quartz cell with a path length of 0.2 mm or 1.0 mm. Each scan was performed at
200 nm/min, and eight individual scans were averaged to obtain one spectrum. A time-
course plot obtained under quiescent conditions was fitted using an exponential or a
biexponential equation below:

[θ](t) = [θ]1 − ([θ]1 − [θ]0) exp
(
− t

τ1

)
(1)
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[θ](t) = [θ]2 − ([θ]1−[ θ]0) exp
(
− t

τ1

)
− ([θ]2−[ θ]1) exp

(
− t

τ2

)
(2)

where τi and [θ]i represent the apparent time constants of the ith phase and the asymptotic
value of mean residue molar ellipticity after the completion of the ith phase, respectively.
For fitting, the time dependence of the [θ] values at intervals of 1 nm over the wavelength
range of 200–250 nm at 0.22 and 1.40 mg/mL, 205–250 nm at 0.25 and 0.30 mg/mL, or
215–250 nm at 0.50 and 0.70 mg/mL was used.

4.7. 1H-NMR Spectroscopy

The monomer concentration was estimated from the decrease of the NMR spectrum
signal. A sample was placed in a glass tube with an inner diameter of 5 mm and incubated
at 25 ◦C. NMR spectra were measured using AVANCE III HD with a superconducting
magnet with a Larmor frequency of 400.13 MHz (Bruker, Germany). The spectrometer was
controlled using the programs of Topspin 1.5 and IconNMR (Bruker). High homogeneity
of the magnetic field was achieved by Topspim, a routine tool built by Topspin 1.5, and a
pulse program, zgesgp, was used for spectral measurements.

4.8. SAXS

SAXS measurements were performed by NANOPIX equipped with a HyPix-6000
(Rigaku, Tokyo, Japan). A Cu K-α line (MicroMAX-007HF; Rigaku) was used as a beam
source and the camera length was set to 1.33 m. A sample liquid was loaded into a made-
to-order sample cell consisting of a pair of quartz windows having an optical path length
of 1 mm, incubated under quiescent conditions at 25 ◦C, and time-lapse measurements
were performed by continuous data acquisition with an exposure time of 15 min for each
profile. The magnitude of scattering vector q (q = 4πsin(θ/2)/λ, where λ and θ indicate
X-ray wavelength and the scatter angle, respectively) ranged from 0.0085 to 0.2 Å−1. The
Porod region of the double logarithm plots of the SAXS profiles was analyzed to evaluate
the approximate shape of aggregates using the equation below [36]:

log I(q) = log I(0) + a· log(q) (3)

where I(0) and a represent the intensity at q = 0 and the slope of the double logarithm plot,
respectively. In the analysis of aggregates with a rod-like shape, cross-section plots were
constructed and fitted using the equation below [37]:

log{I(q)·q} = A− R2
c

2
q2 (4)

where A represents the constant, and Rc represents the radius of the cross-section. The
maximum q value for the fitting region is restricted to Rc q < 1.3. The radius of a rod, i.e.,
Rp, is described as

Rp =
√

2Rc (5)

The length of prefibrillar aggregate, L, is obtained by Broersma’s relationship [38]:

DT =
kBT

3πη0L
ln
(

L
Rp

)
(6)

where DT is the diffusion coefficient obtained by DLS analyses (see Supplementary
Materials), and kB, T, and η0 represent the Boltzmann constant, temperature, and
viscosity, respectively.

Supplementary Materials: The following supporting information can be downloaded at: https:
//www.mdpi.com/article/10.3390/molecules27133964/s1, Supplementary Methods: Proteinase K
digestion of amyloid fibrils; Cytotoxicity assay; DLS. Figure S1: Proteinase K digestion of amyloid
fibrils formed at pH 5.2 and pH 8.7.; Figure S2: Cell viability against the B chain amyloid fibrils
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formed at pH 5.2 and pH 8.7.; Figure S3: CD spectra monitored in the formation of amyloid fibrils
under agitated conditions at pH 5.2.; Figure S4: Time-dependent changes in hydrodynamic diameter
during the formation of prefibrillar aggregates at pH 5.2. Ref. [39] cited in Supplementary Materials.
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Shotgun Proteomics Revealed Preferential Degradation of
Misfolded In Vivo Obligate GroE Substrates by Lon Protease in
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Abstract: The Escherichia coli chaperonin GroEL/ES (GroE) is one of the most extensively studied
molecular chaperones. So far, ~80 proteins in E. coli are identified as GroE substrates that obligately
require GroE for folding in vivo. In GroE-depleted cells, these substrates, when overexpressed, tend
to form aggregates, whereas the GroE substrates expressed at low or endogenous levels are degraded,
probably due to misfolded states. However, the protease(s) involved in the degradation process has
not been identified. We conducted a mass-spectrometry-based proteomics approach to investigate
the effects of three ATP-dependent proteases, Lon, ClpXP, and HslUV, on the E. coli proteomes under
GroE-depleted conditions. A label-free quantitative proteomic method revealed that Lon protease is
the dominant protease that degrades the obligate GroE substrates in the GroE-depleted cells. The
deletion of DnaK/DnaJ, the other major E. coli chaperones, in the ∆lon strain did not cause major
alterations in the expression or folding of the obligate GroE substrates, supporting the idea that the
folding of these substrates is predominantly dependent on GroE.

Keywords: molecular chaperone; chaperonin; GroEL; protease; Lon protease; proteomics; proteostasis

1. Introduction

Most proteins must fold into their native structures to gain their functions [1]. How-
ever, protein folding often competes with the formation of aggregates, which not only
impair protein function but also cause cytotoxicity in some cases [2–4]. In cells, molecular
chaperones facilitate the proper folding of various proteins by preventing aggregate forma-
tion [2,3]. Indeed, previous studies have revealed that a significant fraction of the proteins
in any cell requires at least one or several chaperones. In Escherichia coli, GroEL/ES (GroE)
and DnaK/DnaJ (DnaKJ)-GrpE are known to assist in the proper folding of a large subset
of proteins [2,3].

GroE is the only essential chaperone for the growth of E. coli [5,6]. One of the decades-
long efforts in chaperonin biology is to identify the substrate proteins that are obligately
dependent on GroE for proper folding in the cell (in vivo obligate GroE substrates). Kerner
et al. [6] identified hundreds of proteins that interact with GroEL in E. coli, using a mass
spectrometry (MS)-based proteomics approach. The GroEL-interactors are classified into
three categories (Classes I, II, and III) according to the relative amount of the proteins
bound to GroEL against the total cellular amount of each protein. In their study, the Class
III substrates, which are most enriched in the GroE complex, were classified as potential
obligate GroE substrates. Subsequently, Fujiwara et al. [7] conducted a further systematic
assessment by using a conditional GroE expression strain, E. coli MGM100 [8], and found
that only a subset of the Class III substrates has obligate GroE dependences for their folding
in vivo. These substrates are regarded as in vivo obligate GroE substrates, and termed
Class IV substrates. Further analyses based on data from a cell-free proteomics approach
identified several in vivo obligate GroE substrates [9].
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Many of these in vivo obligate GroE substrates formed aggregates when overexpressed
in the GroE-depleted cells [7]. In addition to the aggregate formation, a subset of the GroE
substrates expressed under leaky conditions are degraded in the GroE-depleted cells [7].
This degradation is thought to be a consequence of the failure of the substrates to fold
under the GroE-depleted conditions, resulting in targets for proteases. In the E. coli cytosol,
three ATP-dependent proteases, Lon, ClpXP, and HslUV, are involved in the degradation
of misfolded proteins [10–12]. However, the physiological differences of these proteases in
the clearance of misfolded proteins derived from chaperone deficiencies at the proteome
level are largely unknown.

To evaluate the abundance of a wide range of proteins in cells, comprehensive and
deep quantitative proteomic analysis technologies are needed. Over the past two decades,
shotgun proteomics using liquid chromatography coupled to tandem MS (LC-MS/MS) has
achieved remarkable progress, including precise quantitative analyses such as SILAC [13].
SILAC requires stable isotopic labeling, which restricts the available media for cultiva-
tion. Recent advances in label-free quantification technologies, such as a method based
on the signal intensity of the MS1 ion chromatogram (so-called LFQ intensity) [14] and
DIA/SWATH [15], have expanded the options for medium selection and culture conditions.
Using the SWATH-MS acquisition method, we aim to investigate the “fate” of the in vivo
obligate GroE substrates under GroE-depleted conditions. Specifically, the degradation
properties of these substrates when misfolded was evaluated by deletions of three major
cytosolic proteases (Figure 1A). The results showed that most of the obligate GroE sub-
strates were degraded by Lon protease in the GroE-depleted cells. Further analysis using a
DnaKJ-deleted strain and its derivative again revealed that GroE is predominantly involved
in the folding of most obligate GroE substrates.
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Figure 1. Proteome changes of the in vivo obligate GroE substrates by GroE depletion. (A) Schematic 
illustration of the experiment. The wildtype cells and the protease deletion variants were grown 
under the GroE-normal and GroE-depleted conditions. The total proteins were then extracted and 
digested into peptides by the Lys-C/Trypsin proteases. The digested peptides were measured and 
quantified by LC-MS/MS. (B) Proteomic changes in MGM100 by GroE depletion represented as a 
volcano plot. The horizontal axis indicates the value of the fold changes by the GroE depletion taken 
as log2, and the vertical axis indicates p-values by Welch’s t-test (two-sided) with three technical 
replicates in each sample taken as −log10. For multiplicity correction, the p-values are adjusted by 
the Benjamini-Hochberg method. Red dots indicate the in vivo obligate GroE substrates. (C) 
Proteomic changes in the MGM100-derived protease-deletion strains by the GroE depletion, 
depicted as volcano plots. Red dots indicate the in vivo obligate GroE substrates. (D) Distribution 
of the fold changes of the in vivo obligate GroE substrates in each strain depicted as a boxplot. The 
box portions and the central bands are described according to the 25th percentile and the median, 
respectively. **** p-value < 0.001 (Wilcoxon’s rank-sum test). 

Figure 1. Proteome changes of the in vivo obligate GroE substrates by GroE depletion. (A) Schematic
illustration of the experiment. The wildtype cells and the protease deletion variants were grown under
the GroE-normal and GroE-depleted conditions. The total proteins were then extracted and digested
into peptides by the Lys-C/Trypsin proteases. The digested peptides were measured and quantified
by LC-MS/MS. (B) Proteomic changes in MGM100 by GroE depletion represented as a volcano plot.
The horizontal axis indicates the value of the fold changes by the GroE depletion taken as log2, and
the vertical axis indicates p-values by Welch’s t-test (two-sided) with three technical replicates in
each sample taken as −log10. For multiplicity correction, the p-values are adjusted by the Benjamini-
Hochberg method. Red dots indicate the in vivo obligate GroE substrates. (C) Proteomic changes
in the MGM100-derived protease-deletion strains by the GroE depletion, depicted as volcano plots.
Red dots indicate the in vivo obligate GroE substrates. (D) Distribution of the fold changes of the
in vivo obligate GroE substrates in each strain depicted as a boxplot. The box portions and the central
bands are described according to the 25th percentile and the median, respectively. **** p-value < 0.001
(Wilcoxon’s rank-sum test).
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2. Results
2.1. Obligate GroE Substrates Tend to Be Degraded by Lon under GroE-Depleted Conditions

To investigate the degradation properties of the in vivo obligate GroE substrates under
GroE-depleted conditions, we employed the SWATH-MS acquisition method. SWATH-MS
can evaluate the relative abundances of proteins in a label-free manner at the proteome level
in nutrient-rich media. To deplete the expression of GroE in cells, we used the MGM100
strain, in which the groESL gene is controlled by the arabinose-inducible BAD promoter
to regulate the expression by sugar, as used in previous studies [7,9] (Figure 1A). First,
we compared the expression amounts of the whole-cell proteins under GroE-depleted
conditions with those under GroE-normal conditions. Based on this analysis, we evaluated
the fold changes of ~1300 proteins (Supplementary Dataset S1). Among these evaluated
proteins, ~20 in vivo obligate GroE substrates were included (Table 1). As reported previ-
ously, the MS analysis confirmed the GroE depletion-induced large proteome alteration,
including the over expression of MetE and several heat shock proteins such as ClpB and
DnaK [7] (Supplementary Dataset S1). Importantly, the expression of the obligate GroE
substrates showed a strong tendency to decrease when GroE was depleted (Figure 1B).
This result suggests that many obligate GroE substrates tend to be degraded, rather than
forming aggregates in the GroE-depleted cells.

Table 1. Fold change values of the in vivo obligate GroE substrates in MGM100 and MGM100-derived
protease-deletion strains.

Gene
Name

Kerner
2005

Fujiwara
2010

Niwa
2016

MGM100 MGM100∆lon MGM100∆clpPX MGM100∆hslVU

Number of
Detection FC

Number of
Detection FC

Number of
Detection FC

Number of
Detection FC

Ara Glc Ara Glc Ara Glc Ara Glc

argP 3 4 3 3 1.191 3 3 1.407 3 3 1.033 3 3 1.089
ltaE 3 4 3 3 0.604 3 3 1.170 3 3 0.723 3 3 0.857

metK 3 4 3 3 0.433 3 3 1.902 3 3 0.513 3 3 0.683
add 3 4 3 3 0.271 3 3 0.316 3 3 0.194 3 3 0.280

dapA 3 4 3 3 0.269 3 3 0.483 3 3 0.187 3 3 0.234
asd 3 4 3 3 0.249 3 3 0.569 3 3 0.171 3 3 0.419
rfbC 3 4 3 3 0.235 3 3 0.450 3 1 3 3 0.386
serC 2 4 3 3 0.221 3 3 0.428 3 3 0.167 3 3 0.363
hemB 3 4 3 3 0.188 3 3 0.395 3 3 0.112 3 3 0.202
pmbA 3 4 3 3 0.178 3 3 0.225 3 0 3 3 0.176
lipA 3 4 3 3 0.177 3 3 0.410 3 3 0.136 3 3 0.201
nuoC 2 4 3 3 0.170 3 3 0.080 3 3 0.115 3 3 0.221
pepQ 3 4 3 3 0.169 3 3 0.177 3 3 0.143 3 3 0.155
fabF 3 4 3 3 0.158 3 3 0.336 3 2 3 3 0.228
kdsA 2 4 3 3 0.145 3 3 0.328 3 3 0.098 3 3 0.157
pyrD 4 3 3 0.145 3 3 0.176 3 2 3 2
gatY 3 4 3 3 0.114 3 3 0.150 3 3 0.046 3 3 0.098
deoA 3 4 3 3 0.106 3 1 3 0 3 3 0.145
sdhA 3 4 3 3 0.054 3 3 0.084 3 0 3 3 0.135
araA 3 4 3 3 0.010 3 1 3 2 3 3 0.006
fbaB 3 4 3 0 3 3 1.323 3 1 3 0
ftsE 3 4 3 0 3 3 0.620 3 0 3 2

nagZ 3 4 3 0 3 3 0.539 3 0 3 0
ybhA ◦ 3 0 3 3 0.332 3 1 3 0

tas 2 ◦ 3 0 3 3 0.788 3 0 3 0
nagD ◦ 3 2 3 3 0.598 3 0 3 2
alaA 3 4 3 1 3 3 0.418 3 0 3 3 0.535
dadA 3 4 3 1 3 3 0.350 3 0 3 0

Next, we investigated the relevance of the Lon, ClpXP, and HslUV cytosolic pro-
teases on the degradation of misfolded proteins in the GroE-depleted cells. We made new
deletion strains of each protease in MGM100 as the background strain (MGM100∆lon,
MGM100∆clpPX, and MGM100∆hslVU). Then, we investigated their proteome changes
elicited by the GroE-depletion. Strikingly, the volcano plot, which indicates the variation
of expression amounts on the horizontal axis and statistical certainty on the vertical axis,
showed that the decrease in the obligate GroE substrates under GroE-depleted conditions
was largely recovered in the MGM100∆lon strain (Figure 1C and Supplementary Dataset S1).
This recovery trend was statistically significant from the fold change distributions of the
obligate GroE substrates (p = 0.000942, by Wilcoxson’s rank-sum test), represented as a box-
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plot, which depicted the distribution of the values in each sample (Figure 1D). In addition,
some of the previously known Lon substrates including LipA, one of the obligate GroE sub-
strates, were increased in the MGM100∆lon strain (Supplementary Table S1), corroborating
the assumption based on the previous findings. In contrast, the volcano plots of the ClpXP
and HslUV deletion strains did not show this trend (Figure 1C and Supplementary Dataset
S1). The boxplot revealed a weak recovery of the GroE substrates in the MGM100∆hslVU
cells, but the difference was not statistically significant (p = 0.3273, by Wilcoxson’s rank-sum
test) (Figure 1D). No significant changes by GroE depletion were observed for the GroE
substrates belonging to other classes (Class I, II, and III minus) in any of the E. coli strains
(Supplementary Figure S1). Furthermore, the MS analysis revealed that five GroE substrates
(FbaB, FtsE, NagZ, YbhA, and Tas), which were identified in the GroE-normal cells but not
in the GroE-depleted cells were reproducibly identified in the MGM100∆lon strain under
GroE-depleted conditions (Table 1 and Supplementary Figure S1B). This result suggests
that the proteolysis of the five proteins by Lon protease under GroE-depleted conditions
was circumvented in the Lon-deleted cells.

2.2. Deletion of DnaKJ Barely Affects the Folding of Most In Vivo Obligate GroE Substrates

Our previous reconstituted cell-free translation (PURE system) analysis revealed that
almost all of the obligate GroE substrates have a strong tendency to form aggregates
without chaperones [7,16], but for many of them the aggregation-formation is rescued
by the DnaKJ system [17]. Therefore, we assumed that the folding of the in vivo obli-
gate GroE substrates might depend on not only GroE but also DnaKJ. If this is the case,
then the Lon deletion in DnaKJ-deleted cells would affect the abundance of the in vivo
obligate GroE substrates, even in the presence of GroE. Accordingly, we compared the
proteome changes between the wildtype, dnaKJ-deleted (∆dnaKJ), and dnaKJ&lon-deleted
(∆dnaKJ∆lon) strains. As reported previously, the deletion of dnaKJ caused drastic proteome
changes [18] (Figure 2A and Supplementary Dataset S2). Among ~1300 evaluated proteins,
60~70 and 60~80 proteins were specifically up- and down-regulated (fold change > 2 or
<0.5 and adjusted p-value < 0.05) by the deletion of dnaKJ or dnaKJ and lon, respectively
(Figure 2A and Supplementary Dataset S2). In contrast, the proteome change by the deletion
of lon in addition to dnaKJ was small (Figure 2A and Supplementary Dataset S2). Although
30~40 proteins were specifically up-regulated (fold change > 2 and adjusted p-value < 0.05)
by the deletion of lon, their fold change values were not large compared to the results in wild-
type vs. ∆dnaKJ or wildtype vs. ∆dnaKJ∆lon (Figure 2A and Supplementary Dataset S2).
In addition, only about five to nine proteins were down-regulated in the ∆dnaKJ∆lon strain
against ∆dnaKJ (Figure 2A and Supplementary Dataset S2). Notably, the obligate GroE sub-
strates did not show any remarkable changes in both deletion strains (Figure 2A, Table 2
and Supplementary Figure S2A). This result suggests that DnaKJ is not an additional factor
associated with the folding of the obligate GroE substrates in cells.

However, the possibility that these substrates form aggregates before degradation
remained, and hence the amounts of the proteins are not changed. To assess this possibil-
ity, we prepared the pellet fraction from the lysates of each strain by centrifugation and
conducted the same proteomic analysis. Although the reproducibility of the fold change
values was not as good as that of the total proteome analysis (Supplementary Figure S2B),
the results clearly demonstrated that only a small subset of the obligate GroE substrates
accumulated in the ∆dnaKJ cells and the ∆dnaKJ∆lon cells (Figure 2B and Table 2). In other
words, the absence of DnaKJ does not induce the aggregate formation of many obligate
GroE substrates. In summary, the results suggest that there is no additional benefit to
having DnaKJ for the folding of many obligate GroE substrates when GroE is present.
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(A) Proteome changes of ∆dnaKJ and ∆dnaKJ∆lon in the total fraction depicted as volcano plots.
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indicate the in vivo obligate GroE substrates. (B) Proteome changes of ∆dnaKJ and ∆dnaKJ∆lon in the
pellet fraction depicted as volcano plots. Red dots indicate the in vivo obligate GroE substrates.

Table 2. Fold change values of the in vivo obligate GroE substrates for ∆dnaKJ and ∆dnaKJ∆lon strain.

Gene
Name

Kerner
2005

Fujiwara
2010

Niwa
2016

Number of
Detection Fold Change Number of

Detection Fold Change

wt
Total

∆KJ
Total

∆KJ
∆lon
Total

∆KJ/wt
Total

∆KJlon/
wt

Total

∆KJlon/
∆KJ
Total

wt
ppt

∆KJ
ppt

∆KJ
∆lon
ppt

∆KJ/wt
ppt

∆KJlon/
wt
ppt

∆KJlon/
∆KJ
ppt

dadX 3 4 3 3 3 3.611 3.691 1.022 3 3 3 5.136 7.144 1.391
nanA 3 4 3 3 3 3.351 1.711 0.511 3 3 3 1.047 0.904 0.864
sdhA 3 4 3 3 3 2.466 2.230 0.905 3 3 3 1.725 1.578 0.915
lldD 3 4 3 3 3 2.035 1.477 0.726 3 3 3 1.218 0.890 0.731
dadA 3 4 3 3 3 2.022 2.320 1.147 3 3 3 1.754 1.847 1.053
gdhA 4 3 3 3 1.632 2.291 1.404 3 3 3 2.147 3.361 1.566
metK 3 4 3 3 3 1.612 1.008 0.625 3 3 3 1.264 0.996 0.788
nuoC 2 4 3 3 3 1.423 1.232 0.866 3 3 3 1.311 1.102 0.840
ybjS 3 4 3 3 3 1.395 1.592 1.141 3 3 3 2.299 2.393 1.041
rfbC 3 4 3 3 3 1.378 1.079 0.783 3 3 3 8.265 6.135 0.742
yqaB 3 4 3 3 3 1.209 1.323 1.094 2 3 3 0.820
ycfH 3 4 3 3 3 1.206 0.935 0.775 3 0 2
lsrF 3 4 3 3 3 1.154 1.381 1.196 3 3 3 0.713 0.855 1.200

ybhA ◦ 3 3 3 1.135 1.197 1.055 3 3 3 7.462 6.802 0.912
gatY 3 4 3 3 3 1.114 1.541 1.384 3 3 3 2.262 3.266 1.443
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Table 2. Cont.

Gene
Name

Kerner
2005

Fujiwara
2010

Niwa
2016

Number of
Detection Fold Change Number of

Detection Fold Change

wt
Total

∆KJ
Total

∆KJ
∆lon
Total

∆KJ/wt
Total

∆KJlon/
wt

Total

∆KJlon/
∆KJ
Total

wt
ppt

∆KJ
ppt

∆KJ
∆lon
ppt

∆KJ/wt
ppt

∆KJlon/
wt
ppt

∆KJlon/
∆KJ
ppt

fabF 3 4 3 3 3 1.088 0.910 0.836 3 3 3 0.496 0.592 1.194
nagD ◦ 3 3 3 1.077 1.073 0.996 3 3 3 1.293 0.892 0.690
deoA 3 4 3 3 3 1.047 0.931 0.888 3 3 3 0.443 0.644 1.454
nagZ 3 4 3 3 3 1.045 0.954 0.914 3 0 2
add 3 4 3 3 3 1.039 1.135 1.092 3 3 3 3.164 2.571 0.813
ftsE 3 4 3 3 3 1.038 1.127 1.086 3 3 3 1.270 1.051 0.827
lipA 3 4 3 3 3 1.032 1.343 1.302 3 3 3 1.360 1.327 0.976
kdsA 2 4 3 3 3 1.004 1.006 1.002 3 3 3 0.303 0.555 1.829
alaA 3 4 3 3 3 0.989 1.054 1.066 3 3 3 1.987 1.499 0.754
asd 3 4 3 3 3 0.962 1.086 1.130 3 3 3 0.368 0.666 1.809

pmbA 3 4 3 3 3 0.943 1.051 1.114 3 3 3 1.500 1.662 1.109
serC 2 4 3 3 3 0.927 1.160 1.251 3 3 3 0.223 0.409 1.837
argP 3 4 3 3 3 0.920 1.339 1.456 3 3 3 1.252 1.548 1.236
pepQ 3 4 3 3 3 0.916 1.127 1.230 3 3 3 0.199 0.458 2.297
ltaE 3 4 3 3 3 0.890 1.192 1.339 3 3 3 0.344 0.615 1.787

pyrD 4 3 3 3 0.886 0.838 0.947 3 3 3 0.728 0.667 0.916
dapA 3 4 3 3 3 0.879 0.949 1.080 3 3 3 0.210 0.466 2.217
uxaC 3 4 3 3 3 0.870 0.772 0.887 3 2 3 0.263
tldD 3 4 3 3 3 0.859 0.944 1.100 3 3 3 0.784 0.966 1.232
hemB 3 4 3 3 3 0.812 1.531 1.887 3 3 3 0.303 0.949 3.135
pyrC 2 4 3 3 3 0.785 0.797 1.015 3 2 3 0.520
argE 3 4 3 3 2 0.745 3 3 3 1.076 1.346 1.251
nfo 3 4 3 3 3 0.686 0.676 0.984 3 0 2

yajO 3 4 3 3 3 0.648 0.802 1.239 3 0 0
tas 2 ◦ 3 3 3 0.633 1.002 1.583 3 1 0
gpr 2 ◦ 3 3 3 0.581 0.756 1.300 3 3 3 0.236 0.651 2.762

cysH ◦ 3 3 3 0.566 1.257 2.221 3 3 2 0.380
fbaB 3 4 3 3 3 0.332 0.372 1.120 3 0 0
frdA 3 4 3 3 3 0.326 0.373 1.147 3 3 3 0.315 0.359 1.141
yafD 3 4 0 3 3 1.206 1 3 3 1.461
fadA 4 2 3 3 0.740 1 3 3 1.068
yigB ◦ 2 2 2 2 3 3 1.542
yjhH 4 0 3 3 1.219
dusB 3 4 1 3 3 1.119
eutB 3 4 1 0 1 1 3 3 0.962

2.3. Metabolic Perturbations by Protease Deletions under GroE-Depleted Conditions Revealed by
Clustering Analysis

In the above analyses, we only focused on the changes in the amounts of the obligate
GroE substrates. However, although the GroE depletion alone causes drastic changes
in protein expression and metabolism [7], the additional deletion of the proteases may
elicit further perturbations of the proteome or metabolome. Therefore, we assessed the
proteome changes caused by deleting each protease under GroE-depleted conditions. For
this purpose, we performed a clustering approach with the fold change values, defined
as the ratio of protein abundances under GroE-normal and GroE-depleted conditions
in each strain. We chose ~1000 proteins, with fold change values quantified in all four
strains, for clustering by the k-means method. The number of clusters was set to six, and
the fold change values were converted to logarithmic values before the clustering. The
clustering analysis returned four clusters containing small numbers of proteins (Clusters
1~4) and two clusters with larger numbers of proteins (Clusters 5~6) (Figure 3A and
Supplementary Dataset S3). Clusters 1~4 exhibited relatively more significant differences
in their fold-changes than the other two, suggesting that these four clusters could provide
some information about the specific changes caused by the deletion of the proteases. We
then applied an enrichment analysis with annotation by the KEGG BRITE hierarchy [19] to
characterize these four clusters (Table 3). As shown in Table 3, many metabolic pathways
were enriched in each cluster. Especially, Cluster 3, in which the fold change pattern in
MGM100∆lon was only decreased, had the highest number of metabolic pathways with
fluctuations, including amino acid metabolism and nucleic acid metabolism. This result
suggests that the deletion of Lon protease in the GroE-depleted cells causes a further
metabolic perturbation in addition to the GroE depletion.
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Table 3. Enrichment analysis with the KEGG BRITE hierarchy for each cluster.

Cluster Annotation
(KEGG BRITE Hierarchy3) Odds Ratio p-Value *

Number of
Proteins in
Population

Number of
Proteins in
Subgroup

Cluster 1

Selenocompound metabolism 24.95 0.0009 7 3
Monobactam biosynthesis 16.15 0.0133 6 2

Folate biosynthesis 9.23 0.0302 9 2
Cysteine and methionine

metabolism 8.83 0.0008 25 5

Lysine biosynthesis 8.08 0.0370 10 2
Glycine, serine and threonine

metabolism 5.93 0.0086 27 4

Cluster 2

Histidine metabolism 31.93 0.0025 4 3
Nitrogen metabolism 10.55 0.0407 4 2

Chaperones and folding catalysts 5.41 0.0002 31 10
Starch and sucrose metabolism 4.77 0.0215 13 4

Glutathione metabolism 3.90 0.0357 15 4

Cluster 3

C5-Branched dibasic acid
metabolism Inf 0.0090 2 2

Lysine degradation Inf 0.0090 2 2
Photosynthesis proteins 16.48 0.0003 8 5

Oxidative phosphorylation 11.54 5.5 × 10−7 21 11
Tetracycline biosynthesis 9.61 0.0476 4 2
Citrate cycle (TCA cycle) 6.64 0.0016 15 6

Purine metabolism 5.33 1.2 × 10−5 42 14
Pyrimidine metabolism 4.89 0.0003 31 10

One carbon pool by folate 4.84 0.0463 9 3
Propanoate metabolism 3.90 0.0369 14 4

Enzymes 1.96 0.0015 561 68
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Table 3. Cont.

Cluster Annotation
(KEGG BRITE Hierarchy3) Odds Ratio p-Value *

Number of
Proteins in
Population

Number of
Proteins in
Subgroup

Cluster 4

Bacterial chemotaxis Inf 0.0006 2 2
Galactose metabolism 43.52 1.8 × 10−8 15 7

Monobactam biosynthesis 20.12 0.0090 6 2
Lysine biosynthesis 10.07 0.0253 10 2

Glycine, serine and threonine
metabolism 5.18 0.0295 27 3

Enzymes 3.12 0.0076 561 21

* p-value was calculated by Fisher’s exact test. Only the annotations whose p-values were less than 0.05 are listed.

To investigate the perturbations from the deletion of Lon more directly, we defined the
proteins with specific changes between MGM100 and MGM100∆lon from the distribution of
the fold changes (Figure 3B). The results of the enrichment analysis for the up-regulated and
down-regulated proteins in MGM100∆lon showed that the deletion of Lon caused the up-
regulation of some metabolic enzymes related to amino acid synthesis under GroE-depleted
conditions (Table 4 and Supplementary Dataset S4).

Table 4. Enrichment analysis for the proteins with specific changes by the deletion of Lon protease.

Group Annotation
(KEGG BRITE Hierarchy3) Odds Ratio p-Value *

Number of
Proteins in
Population

Number of
Proteins in
Subgroup

Up-regulated
in MGM100∆lon

Bacterial motility proteins Inf 0.0344 1 1
Monobactam biosynthesis 14.69 0.0158 6 2

Selenocompound metabolism 11.76 0.0216 7 2
Cysteine and methionine

metabolism 7.96 0.0012 25 5

Lysine biosynthesis 7.35 0.0434 10 2
Glyoxylate and dicarboxylate

metabolism 6.02 0.0213 18 3

Glycine, serine and threonine
metabolism 5.36 0.0117 27 4

Down-
regulated

in MGM100∆lon

Glycosylphosphatidylinositol
(GPI)-anchored proteins Inf 0.0162 1 1

Aminobenzoate degradation Inf 0.0162 1 1
Glyoxylate and dicarboxylate

metabolism 14.38 0.0025 18 3

* p-value was calculated by Fisher’s exact test. Only the annotations whose p-values were less than 0.05 are listed.

Another minor change was observed in Cluster 1, as its fold change pattern revealed a
large increase in both MGM100∆lon and MGM100∆hslVU as compared to the other two
strains. This cluster included some proteins induced in the stationary growth phase, such
as Sra, Dps, WrbA, ElaB, and OsmC.

3. Discussion

In this analysis, we have shown that many in vivo obligate GroE substrates are de-
graded by cytosolic proteases under GroE-depleted conditions, and Lon protease is mainly
responsible for this degradation (Figure 1). Conversely, DnaKJ does not act as a dominant
factor for the folding of these substrates, although a few obligate GroE substrates tended to
form aggregates by the deletion of DnaKJ (Figure 2). Based on these results, a plausible
scheme of the behavior of the obligate GroE substrates under GroE-depleted conditions is
depicted in Figure 4. When GroE is absent, these substrates cannot complete their folding
and are degraded by proteases such as Lon. In contrast, when DnaKJ was absent, most
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of the obligate GroE substrates can complete their folding with the aid of GroE, although
a small fraction of the obligate GroE substrates form aggregates in cells. However, since
various chaperones such as GroE are highly up-regulated in ∆dnaKJ cells [18], our observa-
tion might be affected by these up-regulated chaperones’ effects. Considering this point,
our results do not exclude the possibility that DnaKJ is also involved in the folding of the
obligate GroE substrates under some conditions.
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Figure 4. Schematic illustration of the fate of in vivo obligate GroE substrates in GroE-depleted cells.
Under normal conditions, the in vivo obligate GroE substrates can fold into their native structures
with the aid of GroE. Upon GroE depletion, these GroE substrates tend to be degraded by proteases,
preferentially by the Lon protease, since they cannot complete their folding without GroE.

The statistical analysis of the proteome changes in our experiments suggested that the
deletion of Lon may cause additional metabolic perturbations, such as in amino acid syn-
thesis. Note that the lon deletion does not show large proteome changes under nutrient-rich
medium conditions (Niwa T. et al., in preparation). Of course, since the GroE depletion itself
reportedly induces large metabolic changes, including the depletion of several amino acids,
S-adenosylmethionine, and NADPH [7], this phenomenon may be significant only under
exceptional metabolic conditions. However, this observation might reflect the possibility
that protein degradation affects the metabolism in an unappreciated manner, although it
may be significant only under extreme conditions such as severe energy deficiency.

In addition, HslUV may also be involved in the degradation of misfolded proteins and
additional metabolic perturbations, as shown in Figure 1B,C and Figure 3A and Table 3.
Although HslUV is expressed abundantly in cells and its expression is induced by heat
stress, knowledge about the physiological role of HslUV is limited. Our observations
suggest that HslUV may have certain specific functions in the cell, with some overlapping
with Lon. However, the evidence for this overlapped role is not strong, and the details are
still unclear.

The up-regulation of some stationary-phase-induced proteins in both MGM100∆lon
and MGM100∆hslVU suggests that the deletion of these two proteases may cause additional
changes related to starvation or another specific factor could invoke the transition of the

138



Molecules 2022, 27, 3772

growth phase under GroE-depleted conditions. However, the connection between them
remains unclear. We confirmed that RpoS, a factor responsible for various stress responses
and the growth phase transition [20,21], does not appear to be involved in this change
since its expression was up-regulated only in MGM100∆clpPX (Supplementary Dataset S1).
Accordingly, further investigations are needed to clarify the physiological roles and the
overlapped manners of these cytosolic proteases in detail.

In summary, our study has partially uncovered the fate of the in vivo obligate GroE
substrates under GroE-depleted conditions. Furthermore, the inability to degrade the
misfolded protein perturbs proper intracellular metabolism. The intimate link between
chaperones and proteases in cellular proteostasis is important but not well understood;
hence, the approach conducted here would be valuable for analyses of other organisms,
including eukaryotes.

4. Materials and Methods
4.1. Bacterial Strains

E. coli strains used in this study are listed in Supplementary Table S2. The DNA frag-
ment amplified from JW0013-KC (∆dnaK::FRT-KmR-FRT) [22], using the primers PT0071
(AAATTGGGCAGTTGAAACCAGAC) and PM0195 (GATGTTTCGCTTGGTGGTCGAATG-
GGCAGG), and that from JW0014-KC (∆dnaJ::FRT-KmR-FRT), using the primers PT0072
(TACAGGTGCTCGCATATCTTCAACG) and PM0196 (CCTGCCCATTCGACCACCAAGC-
GAAACATC), were mutually annealed and amplified using PT0071 and PT0072. The purified
DNA was electroporated into the E. coli strain BW25113 harboring pKD46 [23], and the transfor-
mants resistant to 40 µg/mL kanamycin were stored as ECY0262 (BW25113∆dnaKJ, KmR).

The DNA fragment amplified from JW3903-KC (∆hslV::FRT-KmR-FRT), using the primers
PT0223 (CCATCTATAATTGCATTATG) and PM0195, and that from JW3902-KC (∆hslU::FRT-
KmR-FRT), using the primers PT0224 (CTGAGTTCGGCTAATTTGTTG) and PM0196, were
mutually annealed and amplified using PT0223 and PT0224. The purified DNA was electro-
porated into the E. coli strain BW25113 harboring pKD46, and the transformants resistant to
40 µg/mL kanamycin were stored as ECY0289 (BW25113∆hslVU, KmR).

The DNA fragment amplified from JW0427-KC (∆clpP::FRT-KmR-FRT), using the primers
PT0065 (ATGGTGATGCCGTACCCATAACAC) and PM0195, and that from JW0428-KC
(∆clpX::FRT-KmR-FRT), using the primers PT0066 (AGCCCGATCCGCCATCTAACTTAGC)
and PM0196, were mutually annealed and amplified using PT0065 and PT0066. The purified
DNA was electroporated into the E. coli strain BW25113 harboring pKD46, and the transformants
resistant to 40 µg/mL kanamycin were stored as ECY0290 (BW25113∆clpPX, KmR).

Amplified pKD3 [23] plasmid DNA was electroporated into ECY0289, ECY0290, and
JW0429 (∆lon::FRT-KmR-FRT) harboring pCP20A (modification of pCP20 [23], with an inac-
tivated cat selection marker), and the transformants resistant to 20 µg/mL chloramphenicol
were stored as ECY0292 (∆hslVU, CmR), ECY0293 (∆clpPX, CmR), and ECY0210 (∆lon,
CmR), respectively.

Phage P1-mediated transduction was used to introduce the ∆dnaKJ, ∆hslVU, ∆clpPX
and ∆lon mutations from ECY0262, ECY0292, ECY0293 and ECY0210, respectively.

4.2. Cell Culture and Sample Preparation for the LC-MS/MS Analysis

For the analysis of the MGM100 and MGM100-derived mutants, cells were grown
in LB medium supplemented with 0.2% arabinose at 37 ◦C and harvested at an early
logarithmic growth phase (0.2~0.3 OD660). After washing with LB medium, the cells were
inoculated into LB medium supplemented with 1 mM diaminopimelate and either 0.2%
arabinose or 0.2% glucose. At this time, the OD660 of the culture solution was set to 0.04.
After 3 h of cultivation at 37 ◦C, the cells were harvested. The OD660 at the time of collection
was around 0.8~1.0. For the analyses of ∆dnaKJ and ∆dnaKJ∆lon, cells were grown in LB
medium at 37 ◦C and harvested at a logarithmic growth phase (~1.0 OD660).

The harvested cells were resuspended in the PTS solution [24] (100 mM Tris-HCl (pH
9.0), 12 mM sodium deoxycholate, 12 mM sodium N-lauroylsarcosinate) and boiled at
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95 ◦C for 5 min. The solution was then frozen at −80 ◦C for 10 min. Next, the solution was
sonicated in an ultrasonic bath for 20 min at room temperature for further cell disruption.
After the cell disruption, the protein concentration was measured using the BCA protein
assay kit (Thermo Fisher Scientific, Waltham, MA, USA) and fixed at 50 µg in 100 µL or
25 µg in 50 µL by dilution with the PTS solution.

The obtained total proteins were reduced by 10 mM dithiothreitol and incubated
for 30 min at room temperature. Afterwards, 50 mM iodoacetamide was added, and the
solution was incubated for 20 min at room temperature in the dark for alkylation. After the
reduction and alkylation, the solution was diluted 5-fold with 50 mM ammonium bicarbon-
ate and digested by adding Lys-C protease (FUJIFILM-Wako, Osaka, Japan) at 1/100 of the
total protein weight and incubating for 3 h at room temperature. The fragmented peptides
were further digested by adding Trypsin Gold (Promega, Madison, Wisconsin, USA) at 1/50
of the total protein weight, and incubated at 37 ◦C overnight. After the digestion, an equal
volume of ethyl acetate and 1/20 volume of 10% trifluoroacetic acid (TFA) were added to
the peptide solution and mixed vigorously. The mixture was centrifuged at 15,700× g for
2 min, and the upper ethyl acetate layer containing the surfactants was withdrawn. The
resulting lower water layer was dried with a centrifugal evaporator. The peptides were
then re-dissolved in 0.1% TFA and 2% acetonitrile and desalted with a handmade Stage
Tip [25] composed of an SDB-XC Empore Disk (3 M, Maplewood, MN, USA). The peptides
bound to the Stage Tip were eluted with 0.1% TFA and 80% acetonitrile. After the desalting,
the peptides were dried by a centrifugal evaporator again and re-dissolved in 0.1% TFA
and 2% acetonitrile for LC-MS/MS measurements.

For the proteome analysis of pellet fractions, cells were resuspended in lysis buffer
(50 mM Tris-HCl (pH 7.5), 100 mM NaCl, 1 mM EDTA) supplemented with a protease
inhibitor cocktail (cOmplete™ mini, EDTA free, Roche, Basel, Switzerland) and disrupted
by sonication. The resulting lysate was centrifuged at 20,000× g for 10 min, and the
supernatant was discarded. After washing twice with the lysis buffer, the pellet was
dissolved in the PTS solution. The protein concentration was measured with a BCA protein
assay kit and fixed at 10 µg in 25 µL by dilution with the PTS solution. The subsequent
processes were performed as described above.

4.3. LC-MS/MS Measurement and Data Analysis

The LC-MS/MS measurements were conducted with an Eksigent NanoLC Ultra and
TripleTOF 4600 tandem-mass spectrometer or an Eksigent NanoLC 415 and TripleTOF
6600 mass spectrometer (AB Sciex, Framingham, MA, USA). The trap column used for
nanoLC was a 5.0 mm × 0.3 mm ODS column with a particle size of 5 µm (L-column2,
Chemical Evaluation and Research Institute, Tokyo, Japan). The separation column was a
12.5 cm × 75 µm capillary column packed with 3 µm C18-silica particles (Nikkyo Technos,
Tokyo, Japan). The detailed settings for the LC-MS/MS measurements are summarized in
Supplementary Table S3. The measurement was conducted three times for each sample.
One biological replicate set was used for the analysis of the MGM100 and its derivative
strains, and two biological replicate sets were used for ∆dnaKJ and ∆dnaKJ∆lon strains.

Data analysis was performed by the DIA-NN software (version 1.7.16, https://github.
com/vdemichev/diann, accessed on 30 April 2021) [26]. The library for SWATH-MS was
obtained from the SWATH atlas (http://www.swathatlas.org/, accessed on 30 April 2021);
the original data were acquired by Midha et al. [27]. The fold changes between mean
intensities and p-values by Welch’s t-test were calculated by an in-house R script (R.app
for Mac, version 3.6.2). For the correction of multiple testing, p-values were adjusted by
the Benjamini-Hochberg method (using the “p.adjust” function). Only the proteins with
intensities obtained in all three measurements in both samples were used to calculate fold
changes. The enrichment analysis was performed with an in-house R script (using Fisher’s
exact test). The KEGG BRITE hierarchy information (E. coli MG1655 strain) was downloaded
from the website (https://www.genome.jp/brite/eco00001) on 23 March 2016.
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Supplementary Materials: The following supporting information can be downloaded at: https:
//www.mdpi.com/article/10.3390/molecules27123772/s1, Figure S1: Additional data of proteome
analysis of MGM100 and MGM100-derived strains. Figure S2: Additional data of proteome analysis of
∆dnaKJ and ∆dnaKJ∆lon strains. Table S1: Abundance changes of known Lon substrates in MGM100
and MGM100∆lon strains. Table S2: E. coli strains used in this study. Table S3: Parameters for the
SWATH acquisition. Dataset S1: Proteome data for the MGM100 and MGM100-derived strains. Dataset
S2: Proteome data for ∆dnaKJ and ∆dnaKJ∆lon. Dataset S3: List of proteins with cluster numbers.
Dataset S4: List of proteins up- or down-regulated by the Lon deletion. References [8,22,28–37] are
cited in the supplementary materials.
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Abstract: Although oligomeric proteins are predominant in cells, their folding is poorly studied at
present. This work is focused on the denaturant- and mutation-induced disassembly of the hexameric
mutant Y55W of the Qβ host factor (Hfq) from mesophilic Pseudomonas aeruginosa (Pae). Using
intrinsic tryptophan fluorescence, dynamic light scattering (DLS), and high-performance liquid
chromatography (HPLC), we show that the dissociation of Hfq Y55W occurs either under the effect
of GuHCl or during the pre-denaturing transition, when the protein concentration is decreased, with
both events proceeding through the accumulation of stable intermediate states. With an extremely low
pH of 1.4, a low ionic strength, and decreasing protein concentration, the accumulated trimers and
dimers turn into monomers. Also, we report on the structural features of monomeric Hfq resulting
from a triple mutation (D9A/V43R/Y55W) within the inter-subunit surface of the protein. This
globular and rigidly packed monomer displays a high thermostability and an oligomer-like content
of the secondary structure, although its urea resistance is much lower.

Keywords: Hfq hexamer; mutations; unfolding intermediates; fluorescence; thermodynamics

1. Introduction

The mysterious puzzle of how protein chains, initially disordered, form their spatial
structure has not yet been solved. While the main folding steps of relatively small glob-
ular proteins are generally known [1–4], those of large and oligomeric proteins remain
unclear [4–7]. One of these issues is the relationship between the protein’s quaternary
structure, its stability, and folding.

This study is focused on the hexameric protein Hfq from Pseudomonas aeruginosa
that acts as the main mediator in the regulatory network of gene expression by small
RNAs [8,9]. It belongs to the Sm/LSm superfamily of proteins with a ring-like quaternary
structure containing six identical subunits of about 10 kDa each [10]. There are some
common properties of Hfqs from various organisms. One of the properties is the increased
thermostability of Hfq, even from mesophilic bacteria [11,12]. This property, for example,
greatly simplifies the purification process of these proteins from cellular lysates, i.e., it
requires only heating to 80 ◦C and then separating the aggregates of contaminating proteins
by centrifugation [12–14]. The second common property of Hfq proteins is their ring-like
quaternary structure that provides the binding of single-stranded RNA [12] via multiple
sites on the protein surface. Thus, the study of the stability of the Hfq quaternary structure
is important to elucidate the protein function [15]. The Hfq protein from mesophilic
Pseudomonas aeruginosa displays super-thermostability, with a half-transition temperature
at neutral pH and about 116 ◦C [11,16]. Previously, we have shown that the substitution
of Ala for the conserved residues Gln8, Asp40, and Tyr55 results in a decrease of Hfq
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thermostability, while its hexameric quaternary structure remains unchanged [16]. A two-
fold decrease of the protein concentration does not affect the main differential scanning
calorimetry (DSC) peak but visibly influences its left shoulder [16]. This observation allows
us to propose a three-state model of Hfq thermal unfolding.

Here, we verify this suggestion by equilibrium denaturation studies of the protein,
which allow us to obtain information about its conformational stability [17,18]. In thermo-
dynamic experiments on oligomeric proteins, their concentration was used as an additional
regulator of equilibrium [15,19–22]. These experiments require techniques other than dif-
ferential scanning calorimetry (DSC) or circular dichroism (CD) which are efficient within
a wide protein concentration range. In DSC, the lower limit of protein concentration is
about 10 µM, while its ten-fold increase can provoke protein aggregation during thermal
unfolding. The CD usage is often hampered by a low signal amplitude at low protein
concentrations. Unlike these methods, fluorescence works within a sufficiently broad
range of protein concentrations [18,21]. Because the wild type (WT) Hfq lacks tryptophan
(Trp) [14], which is the most effective natural fluorescence probe, we replaced a tyrosine
residue within the inter-subunit contact (Y55) with tryptophan. A preliminary test of the
Hfq structure by the Swiss-Model program [23,24] showed no serious distortions resulting
from this substitution. The expression of the plasmid encoding this mutant in Escherichia
coli (E. coli) gave a product with a hexameric conformation close to that reported for the
WT protein [14], as shown by standard biochemical tests and crystallographic studies.

In addition to substitutions in the Hfq sequence at position H57 and some other
positions (e.g., Q8A) analyzed previously [11,16], here, we report on the single (Y55W) and
triple (Y55W/D9A/V43R) Hfq mutants. The aim of introducing a tryptophan residue into
the inter-subunit area is to use fluorescence in examining the denaturant-induced Hfq Y55W
disassembly. We replaced D9 with Ala for two reasons: firstly, to avoid the spontaneous
hydrolysis of the peptide bond, D9-P10 [25], and secondly, to remove a negative charge
compensating, to some extent, for the positive charge of the conserved K56 protected from
solvent within the inter-subunit contacts [14]. It turned out that single substitutions do
not noticeably change the hexameric Hfq structure at neutral pH, but rather, decrease its
stability. However, an additional bulky positive charge introduced into the inter-subunit
area through the V43R substitution resulted in both inhibition of the hexamer formation
and biosynthesis of the folded monomer. Note that V43R mutation of Escherichia coli Hfq
results in a very negative effect on the protein function [26].

2. Results

In proteins, the intrinsic probe most sensitive to its surrounding is a tryptophan
residue (Trp) [27,28]. Because the WT Hfq does not contain Trp, here, Y55 belonging to the
protein inter-subunit surface was substituted for Trp. To obtain the monomeric Hfq with
Trp fluorescence, two additional mutations, D9A and V43R, were introduced.

2.1. Structural Properties of the Hexameric Single (Y55W) and Monomeric Triple (Y55W/D9A/V43R)
Hfq Mutants

The three-dimensional crystal structure of the Hfq Y55W mutant, deposited in the PDB
under the code 5I21, is presented in Figure 1; this confirms that the mutation Y55W does
not change the overall hexameric structure of the protein (see also [14]). Yet, some changes
must be mentioned. Figure 1 presents the superposition of the main chain conformations
for one subunit of WT [14] and Y55W variants of Hfq. Small deviations are observed in
the loop positions, while all elements of the mutant secondary structure remain intact.
Moreover, the position of the tryptophan indole ring is slightly different from that of the
benzene one for intact tyrosine 55, possibly due to the bulky side group being included. As
Y55 engages in stacking-like interactions with conserved H57 [14], this local distortion may
influence the protein stability.
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inserted into its current surrounding [29], apparently reflecting its interaction with the 
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programs available on the internet [30]) shows the similarity of the secondary structure 
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Figure 1. The crystal structure of the Hfq Y55W mutant: the tryptophan residue (W55) inserted
into the hexameric structure and additional mutations (V43R, D9A) serving to obtain the protein
monomeric form are shown in rectangles. One subunit represents the superposition of the subunit
main chain conformations for the WT (red, PDB code 1U1T) and Y55W (blue, PDB code 5I21) Hfq
variants. The double arrow to the right of the figure shows the external diameter of the protein ring.

Figure 2 presents some structural properties of the Hfq hexameric Y55W and monomeric
Y55W/D9A/V43R mutants. First, the electrophoretic mobility of the monomer is much
higher than that of the hexamer (Figure 2a), while its presence as a monomer in solution
was confirmed by cross-linking with a glutaric aldehyde (not shown). Second, despite the
similarity in the secondary structures of spatial crystal structures of WT Hfq and its Y55W
mutant (Figure 1), there is a distinct difference in their far-UV CD spectra (Figure 2b). This
difference may be attributed to either some destabilization of the Hfq Y55W secondary
structure in solution or the optical properties of the tryptophan residue inserted into its
current surrounding [29], apparently reflecting its interaction with the nearest neighbors
within the monomer (subunit). At the same time, the deconvolution of the CD spectra of
WT Hfq, hexameric, and monomeric mutants (using one of the latest programs available
on the internet [30]) shows the similarity of the secondary structure content of these forms
(Table 1).

Table 1. The secondary structure content (%) of Hfq variants as shown by far-UV CD spectra
deconvolution [30].

Protein α-Helix β-Structure Others

WT Hfq (hexamer) 10.8 41.0 48.2
Hfq Y55W (hexamer) 8.4 39.4 52.2

Hfq Y55W/D9A/V43R (monomer) 10.5 30.9 58.6

Third, intrinsic Trp fluorescence spectra (Figure 2c) indicate that in monomeric Hfq
variants, Trp is more exposed to the solvent than in the hexamer (the spectrum is shifted
to the long-wavelength region), but less exposed than in the unfolded state. Thus, the
Trp fluorescence spectrum position is a good indicator of the disassembly of the protein’s
oligomeric structure.
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hexameric WT Hfq displays the same behavior toward urea (not shown). In contrast, the 
Hfq monomeric triple mutant undergoes an S-like urea-induced transition that results in 
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unfolding (Figure 3b). This transition is completely reversible, as confirmed by monitoring 
the protein refolding with transverse urea-gradient gel electrophoresis (not shown). This 
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Figure 2. Structural properties of the hexameric Hfq Y55W and monomeric Hfq Y55W/D9A/V43R
mutants: (a) Native polyacrylamide gel electrophoresis (PAGE) of the monomeric (track 1) and hex-
americ (track 2) forms; (b) Far-UV circular dichroism spectra for WT (dash-dot line), Y55W (solid line),
Y55W/D9A/V43R (dashed line) Hfq variants, and any variant in the presence of 5 M GuHCl (dash-
dot-dot line); (c) The fluorescence emission spectra for Hfq Y55W in three states (Equation (2)): the na-
tive hexameric (solid line, spectrum center of mass CM = 337 nm), the monomeric Y55W/D9A/V43R
mutant(dashed line, CM = 355 nm), and unfolded monomeric (in the presence of 5 M GuHCl; dash-
dot-dot line, CM = 360 nm); Protein concentration (monomer): 65 µM; Buffer: 20 mM Tris-HCl,
pH 8.5.

Figure 3 shows the resistance of hexameric and monomeric Hfq mutants against urea,
GuHCl, and temperature. Transverse urea-gradient electrophoresis (TUGE) allowed us
to visualize the urea-induced denaturation of globular proteins caused by a change in
the hydrodynamic size of the protein chain [31]. As seen in Figure 3a, hexameric Hfq
Y55W retains its hydrodynamic size (i.e., does not unfold) under the effect of urea. The
hexameric WT Hfq displays the same behavior toward urea (not shown). In contrast, the
Hfq monomeric triple mutant undergoes an S-like urea-induced transition that results in
an increased hydrodynamic size (decreased electrophoretic mobility) during the unfolding
(Figure 3b). This transition is completely reversible, as confirmed by monitoring the protein
refolding with transverse urea-gradient gel electrophoresis (not shown). This observation
proves that the triple mutant has a rigidly packed tertiary structure with the thermodynamic
parameters of its unfolding (shown in Table 2), which are typical for globular proteins of
similar size [32]. Interestingly, despite the monomeric triple Hfq mutant showing low urea
resistance in comparison with the monomer within the hexameric HfqY55W (Figure 3a,b),
it retained relatively high thermostability. The CD spectrum of the triple mutant recorded
at 90 ◦C (Figure 3d) showed a high content of secondary structure elements (α = 10.2%,
β = 28.1%, other = 61.7%), i.e., similar to that at 25 ◦C (data in Table 1).

A stronger denaturant, GuHCl, causes the unfolding of both hexameric WT Hfq
and its Y55W mutant (Figures 3c and S1). The GuHCl-induced changes in CD spectra
for WT Hfq occur within a much wider range of denaturant concentrations with much
less parameter m than that expected for the cooperative two-state unfolding of globular
proteins with a molecular weight of about 55 kDa [32] (see also [11]), thus unequivocally
demonstrating an alternative non-two-state type of the WT Hfq unfolding transition. The
substitution Y55W essentially decreases the resistance of the Hfq hexamer against GuHCl,
and its unfolding transition is apparently more cooperative (Figure 3c) than in the case
of WT Hfq, resembling a simple two-state transition. However, as seen in Figure 3c, an
eleven-fold decrease of Hfq Y55W concentration resulted in a shift to the left of the part
of the unfolding curve, as would be expected from a process involving the dissociation
of an oligomer. Therefore, the hexameric protein unfolding data were analyzed using the
three-state model (see Materials and Methods). Initially, the deconvolution procedure based
on the three-state model (Equations (2) and (17)) was applied to the protein denaturing
transition monitored by fluorescence spectra decomposition, as described below, with
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parameters as shown in Table 2. Afterward, the three-state model (with the fixed values of
the m and K parameters for the dissociation and unfolding processes) was applied to the
fitting of the protein unfolding transitions monitored by Far-UV CD (Figure 3c).
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Figure 3. The effect of urea on Hfq structure (a,b), GuHCl (c), and temperature (d): (a) Transverse urea
gradient gel electrophoresis of the Hfq Y55W hexamer; (b) Transverse urea gradient gel electrophore-
sis of the Hfq Y55W/D9A/V43R monomer; (c) The CD-monitored GuHCl-induced unfolding of the
Hfq Y55W (circles) at 66 µM (open symbols) and 6 µM (filled symbols), and Hfq WT (squares) at
66 µM. The error bars correspond to the deviations from average values as a result of five measure-
ments. The solid lines stand for the best fittings of the data with the parameters shown in Table 2;
(d) The CD spectra of monomeric triple Hfq mutant at 20 ◦C (black line) and at 90 ◦C (red line) at a
protein concentration of 1.24 mg/mL (124 µM of monomers).

Table 2. The thermodynamic parameters of Hfq equilibrium unfolding transitions (as shown by the
linear extrapolation method (LEM) [20,21]).

HFQ
Variant Denaturant Method Model mNI

(kJ/mol)
KNI,w

(mol5/6)
mIU

(kJ/mol) KIU,w
∆I

UGw
(kJ/mol)

WT GuHCl CD Equations (2) and (11) 5.9 1.5 × 10−7 5.5 2.8 × 10−5 −26.0

Y55W
(hexamer)

GuHCl Flu. Equations (2) and (11) 6.2 3.5 × 10−7 5.5 3.5 × 10−3 −14.0

GuHCl CD Equations (2) and (11) 6.2 3.5 × 10−7 5.5 3.5 × 10−3 −14.0

dilution
at 1.6 M GuHCl Flu. Equations (12) and (13) 6.2 4.0 × 10−7 - - -

Triple
mutant Urea TUGE * Equations (15) and (18) - 3.9 4.1 × 10−3 −13.3

* The data were derived from Figure 3b.
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2.2. The Intermediate Species Accumulated during GuHCl-Induced Denaturation of the Hexameric
Hfq Y55W

As seen from Figure 3c, an eleven-fold decrease in Hfq Y55W concentration resulted
in a change of the GuHCl-induced unfolding, as monitored by far-UV CD within the
1.6 M–2.2 M denaturant concentration range. With this in mind, we selected a GuHCl
concentration, providing a maximally populated native state of the protein with a minimally
populated unfolded state. Varying protein concentrations, we analyzed the unfolding
transition depending on the protein concentration. For this purpose, we used the Trp
fluorescence spectra position (center of mass (CM), Equation (1)) which is mainly sensitive
to hexamer dissociation (see Figure 2c) and can be registered with a reasonable noise level
at protein (monomer) concentrations as low as to 0.1 µM.

Figure 4a demonstrates a set of Hfq Y55W Trp fluorescence spectra recorded within the
0–5 M GuHCl range at three protein (monomer) concentrations: 0.8 (top), 6.5 (middle), and
65 µM (bottom). These spectra within intermediate concentrations of GuHCl apparently
are at least two-component.
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Hfq Y55W concentrations. Circles stand for 0.8 µM, squares for 6.5 µM, and triangles for 65 µM. The
black symbols represent results of refolding of Hfq Y55W; (c) The GuHCl concentration dependences
of the state fractions, as derived from the deconvolution of Y55W fluorescence spectra at three
protein concentrations: 0.8 (top), 6.5 (middle), and 65 µM (bottom). Symbols show: hexamer, circles;
intermediate, triangles; and unfolded monomer, squares; while solid lines represent simulations
based on the three-state unfolding model (3), Equations (3)–(11), and the parameters from Table 2.
The vertical dashed line indicates a GuHCl concentration of 1.6 M; (d) The result of the best fit of
the fluorescence spectrum of Hfq Y55W (6.5 µM) at 1.98 M GuHCl (black solid line, experiment;
red dashed line, the best fit to the three-state model). State contributions: hexamer, blue solid line;
intermediate monomer, dark green dashed line; unfolded monomer, dark pink dash-dot-dot line.
Best fit fractions: fn = 0.36, fi = 0.47, fu = 0.17.

Figure 4b represents the dependence of the spectrum center of mass on the GuHCl con-
centration at different protein concentrations. The standard fluorescence spectra (Figure 2c)
were used for the deconvolution of Hfq Y55W fluorescence spectra during GuHCl-induced
protein unfolding at different protein concentrations. An example of such deconvolution
is presented in Figure 4d. The result of such a deconvolution for the protein unfolding
transitions at three protein concentrations is shown in Figure 4c. An important conclusion
derived from these data is that the lower the protein concentration, the higher the accu-
mulation level of the intermediate state fraction. Thus, at a high protein concentration, the
denaturation mode is apparently close to the two-state one. This signifies that the stability
of the protein inter-subunit interactions approaches that of the monomer (subunit) at high
protein concentrations.

2.3. Intermediate Species Accumulated during Protein Concentration Decrease

The concentration-dependent dissociation of the oligomeric protein structure and the
nature of the accumulated intermediate state were determined from the protein concentra-
tion dependence (at fixed GuHCl concentration) of the protein fluorescence spectra position
and the hydrodynamic size. The GuHCl concentration was 1.6 M, providing the maximally
populated intermediate at low protein concentrations (see Figure 4c).

Figure 5a presents the set of Hfq Y55W fluorescence spectra at various protein con-
centrations at 1.6 M GuHCl. The position of the maximum of the protein spectra recorded
below 1 µM protein concentration (inset of the Figure 5a) is close to that for the monomeric
(Y55W/D10A/V43R) spectrum (Figure 2c).

Figure 5b shows the dependence of state fractions (N and I) on the molar Hfq Y55W
(monomer) concentration at 1.6 M GuHCl, as determined by fluorescence spectra deconvo-
lution using the standard spectra of hexamer and monomer presented in Figure 2c.
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Size exclusion chromatography was used to determine the nature of the intermediate
state accumulated during a decrease in protein concentration. Figure 6a presents several
standardized elution profiles of Hfq Y55W at 1.6 M GuHCl with decreasing concentrations
of loaded protein, as monitored by tryptophan fluorescence.

As seen, there are two major and one minor elution peaks. The left minor peak
evidently corresponds to some associates and disappears with decreasing protein concen-
tration. The other left major peak shows hexamer elution (Figure 6a,b) and does not change
its position with decreasing protein concentration, although its amplitude is diminished
(Figure 6a,c). The right peak shows dimer elution (Figure 6a,b) at high protein concen-
trations, while at low ones, it is close to a monomer (Figure 6b). Similar behavior was
reported for the dimeric factor for inversion stimulation [22,33] and may be interpreted as
a protein concentration-dependent exchange between the dimeric and monomeric forms of
the protein.
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Figure 5. Disassembly of Hfq Y55W in the presence of 1.6 M GuHCl by decreasing protein con-
centration: (a) The set of selected fluorescence spectra of Hfq Y55W at various protein (monomer)
concentrations (from the top line to the bottom line—65 µM, 22 µM, 10 µM, 6.5 µM, 4.4 µM, 2.8 µM,
1.9 µM, 1.3 µM, 0.87 µM, 0.38 µM). The spectra are standardized to the same concentration (65 µM).
At the inset: the basic spectrum of the triple mutant (solid line) assumed in fluorescence spectra
deconvolution, and the spectrum of the intermediate, obtained by the dilution down to 0.38 µM at
1.6 M GuHCl (dashed line); (b) The dependence of the state fractions on the molar protein (monomer)
concentration determined by deconvolution of the fluorescence spectra. The fractions of the native
(hexameric) and intermediate states are shown by filled circles and filled squares, respectively. The
open symbols are the prediction of the state distribution obtained from simulations based on the
parameters from Table 2. The buffer contains 20 mM Tris-HCl, pH 7.5, and 1.6 M GuHCl.
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2.4. Intermediate Species Accumulated at Low pH

The dissociation of hexameric Hfq Y55W occurs at low pH. Figure 7a presents a
selected set of Trp fluorescence spectra at various pH, from 6.0 up to 1.4, and a protein
(monomer) concentration of 67 µM. With a pH as low as 4.0, the fluorescence intensity
was strongly quenched without a peak shift. By further decreasing pH, the fluorescence
intensity increased, and the spectrum exhibited a red shift, achieving the position between
the peaks for hexameric and monomeric forms (Figure 7b). Moreover, at a pH below 4.0,
the protein fluorescence spectra seem to be at least two-component, probably due to the
presence of more than one species with different spectrum positions (Figure 7a). The red
shift of the protein fluorescence spectrum mainly indicates the dissociation of the protein’s
hexameric structure (see Figure 5). At a pH value between 4.0 and 3.0 (Figure 7a), the
change in fluorescence intensity may have resulted from Trp fluorescence quenching by
the nearest discharged carboxyl groups [27,28], while with a further pH decrease, the Trp
fluorescence intensity increase may have been caused by diminishing the quenching due to
the dissociation of the oligomeric structure. To evaluate the size of the species presented at
pH 1.4, we performed DLS measurements (Figure 8a). The hexameric WT Hfq at pH 1.4
and Hfq Y55W mutant at pH 7.6 showed a symmetric peak corresponding to ~62 Å, which
agrees with crystallographic data (Figure 1). At pH 1.4, the asymmetric peak for Hfq Y55W
shifted toward lesser sizes. The decomposition of this peak hints at the presence of two
main species with hydrodynamic sizes of ~35 Å (trimer) and ~23 Å (dimer).

To clarify the situation with the intermediates at pH 1.4, we performed size-exclusion
chromatography of Hfq Y55W at pH 1.4 and various concentrations of the loaded pro-
tein. The results are presented in Figure 8b. As seen, there were three distinct peaks
corresponding to at least three species.

Unfortunately, it is very difficult to estimate the exact size of these species because of
ambiguous column calibration at low pH. Nevertheless, the first (left) small peak evidently
corresponds to the hexamer, as was established by chromatography of WT Hfq, which
does not dissociate at pH 1.4. Moreover, the elution volume of two less mobile species
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showed the tendency of depending on protein concentration, i.e., it shifted toward a
lower hydrodynamic volume with decreasing protein concentration. Based on the results
presented in Figures 7 and 8, we propose that at pH 1.4 and a low ionic strength, the
hexameric Hfq Y55W mutant dissociates into trimers, dimers, and monomers, which
exchange with each other. The fractions of hexamers, trimers, and dimers decrease, and the
population of monomers increases with decreasing protein concentration.

Thus, like the GuHCl effect (Figure 4), the repulsion of positive charges at decreas-
ing pH destabilizes the oligomeric structure of Hfq Y55W, while the lowering protein
concentration results in its dissociation into monomers.
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Figure 8. The hydrodynamic properties of pH-induced intermediates of Hfq Y55W. (a) Size 
distribution of Hfq Y55W at pH 7.6 or WT Hfq at pH 1.4 (blue squares) and that of Hfq Y55W at pH 
1.4 (black circles) revealed by dynamic light scattering at a protein (monomer) concentration of 100 

Figure 7. The pH dependence of Hfq Y55W fluorescence spectrum. (a) Fluorescence spectra measured
at pH 6.0, 5.07, 4.15, 3.53, 3.03 (lines range from black to light grey); 2.72, 2.16, 1.76, 1.6, 1.4 (dark
yellow, green, light blue, dark blue, and purple lines, respectively). Protein (monomer) concentration
is 67 µM. (b) The pH dependence of the spectrum center of mass (CM). For different pH values,
the following buffer solutions were used: 20 mM Tris-HCl, 30 mM NaCl for pH 7.6–8.5; 20 mM
Na-Cacodylate-HCl, 30 mM NaCl for pH 5.35–6.93; 20 mM Na-Acetate, 30 mM NaCl for pH 3.55–5.65;
20 mM Glycine-HCl, 30 mM NaCl for pH 2.16–3.83; 20 mM HCl, 30 mM NaCl for pH 1.76; 50 mM
HCl for pH 1.4.
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concentration is 67 μM. (b) The pH dependence of the spectrum center of mass (CM). For different 
pH values, the following buffer solutions were used: 20 mM Tris-HCl, 30 mM NaCl for pH 7.6–8.5; 
20 mM Na-Cacodylate-HCl, 30 mM NaCl for pH 5.35–6.93; 20 mM Na-Acetate, 30 mM NaCl for pH 
3.55–5.65; 20 mM Glycine-HCl, 30 mM NaCl for pH 2.16–3.83; 20 mM HCl, 30 mM NaCl for pH 1.76; 
50 mM HCl for pH 1.4. 

  

 

(a) (b) (c) 

Figure 8. The hydrodynamic properties of pH-induced intermediates of Hfq Y55W. (a) Size 
distribution of Hfq Y55W at pH 7.6 or WT Hfq at pH 1.4 (blue squares) and that of Hfq Y55W at pH 
1.4 (black circles) revealed by dynamic light scattering at a protein (monomer) concentration of 100 

Figure 8. The hydrodynamic properties of pH-induced intermediates of Hfq Y55W. (a) Size distribu-
tion of Hfq Y55W at pH 7.6 or WT Hfq at pH 1.4 (blue squares) and that of Hfq Y55W at pH 1.4 (black
circles) revealed by dynamic light scattering at a protein (monomer) concentration of 100 µM. The
deconvolution of the mutant peak at pH 1.4 into peaks corresponding to 35 Å (dashed-dot line) and
23 Å (dashed line); (b) The size-exclusion chromatography of Hfq Y55W on Superdex 200 10/300 GL
at pH 1.4 and various applied protein concentrations: the grey line stands for 3.0 mg/mL (300 µM
monomer); the blue line for 0.6 mg/mL (60 µM monomer); the red line for 0.12 mg/mL (12 µM
monomer). The dashed line shows the hexameric WT Hfq elution profile at pH 1.4; (c) The chromato-
graphic column calibration. Proteins used for calibration are WT Hfq (54.6 kDa), chymotrypsinogen
(25 kDa), myoglobin (17.3 kDa), cytochrome c (12.3 kDa). The arrows indicate the elution times of the
peaks at 300 µM protein concentration loaded.
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3. Discussion

A major result of this study is that the high stability of the Hfq subunit leads to a
non-two-state mode of hexamer unfolding. Inter-subunit interactions play an important
role in maintaining the oligomer structure of the proteins, especially in cases when isolated
subunits are unable to maintain their folded conformation. In these cases, the inter-subunit
interactions result in the formation of a cooperative structure which unfolds in a two-state
process (for example, in the case of GroES heptamer of similar to the Hfq size [34]). As
we suggested previously [11,16] and confirmed here, at neutral pH, the three-state model
adequately describes the GuHCl-induced unfolding of Hfq hexamer (Figures 3 and 4).
The relatively high population of the monomeric intermediate during hexamer unfolding
indicates that the isolated subunits are stable, and makes it possible to independently
analyze the hexamer dissociation by varying protein concentration at a fixed GuHCl
concentration within the pre-denaturing range (Figure 5). At selected GuHCl activity,
the fraction of the intermediate monomer strongly depends on protein concentration,
reaching a level of 80% at the lower limit of protein concentration suitable for fluorescence
measurements (Figures 4–6). In contrast, at the highest protein concentration used in this
study, the intermediate state population was only about 30%, and at further increase in
protein concentration, the unfolding would tend to the two-state model simply because
something similar to an isosbestic point at 356 nm is observed (Figure 4a). In any case, with
GuHCl > 3 M, the hexamer population became negligible, and only monomer unfolding
was observed (Figure 4c).

Here, we demonstrated that the isolated subunit of Hfq can not only fold indepen-
dently, but can also form an extremely stable structure. Pseudomonas aeruginosa is not a
thermophile, and there is no natural need to produce extremely stable proteins. Among
possible reasons, we can mention the following: (a) Intrinsically stable monomers could
facilitate protein oligomerization; and (b) The folded monomers could have some unknown
function in the cell at small concentrations.

Another important issue is the sensitivity of the subunit stability to the point mutations
used here and elsewhere. All mutants with substitutions within the subunit interface have
lower stabilities than the wild-type protein [16] (Figure 3c), while these substitutions mostly
destabilize the structure of subunits. For example, the replacement of Y55 by alanine
resulted in a drastic decrease in the stability of hexameric Hfq [16]. Here, we show that at
neutral pH, the hexameric structure of WT Hfq and its Y55W mutant cannot be unfolded
by urea (Figure 3a). The triple mutation Y55W/D9A/V43R, resulting in the inhibition of
protein oligomerization, also decreased the subunit resistance to urea (Figure 3b), while the
subunit thermostability remained high (Figure 3d). Moreover, the residues D9, V43, and
Y55 are apparently located within the region of inter-subunit contacts for the majority of
bacterial Hfqs [35]. Thus, the corresponding mutations of these residues may have been
the cause of the inhibition of Hfqs assembly and, hence, their function [15]. Besides, as
we demonstrated in this work, the insertion of Trp residue into an inter-subunit region of
oligomeric proteins may be useful to obtain information about their dissociation.

4. Materials and Methods
4.1. Reagents

To prepare buffer solutions, commercial reagents (from Sigma-Aldrich (St. Louis,
MO, USA), SERVA Electrophoresis GmbH (Heidelberg, Germany), Boehringer Mannheim
GmbH (Mannheim, Germany), and Invitrogen (Waltham, MA, USA)) and bidistilled water
were used.

4.2. Proteins

The QuikChange Site-Directed Mutagenesis Kit (Stratagene, La Jolla, CA, USA) was
used to introduce the mutations in the Pae Hfq protein. PCR was carried out using the
pET22b(t)/Hfq plasmid [14], and the primers containing the necessary substitutions:

D9A For 5′-CGCTACAAGCTCCTTACCTCAATACCCTG-3′
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D9A Rev 5′-CAGGGTATTGAGGTAAGGAGCTTGTAGCG-3′

V43R For 5′-GAGTCTTTCGACCAGTTTCGCATCCTG-3′

V43R Rev 5′-CAGGATGCGAAACTGGTCGAAAGACTC-3′

Y55W For 5′-GTCAGCCAGATGGTTTGGAAGCACGCGAT-3′

Y55W Rev 5′-TCGCGTGCTTCCAAACCATCTGGCTGAC-3′

The Pae Hfq Y55W mutant was purified according to the protocol developed for
the purification of a wild-type protein [14]. As nothing was known preliminarily about
the physical-chemical properties of Hfq triple mutant, we added to its C-end a hexa
histidine-tag. This facilitates the purification of the monomeric Hfq mutant. The resulting
plasmid constructs were checked by sequencing. The plasmid containing the Hfq triple
D9A/V43R/Y55W mutant gene was expressed in the E. coli strain BL21 (DE3). The cells
were grown at 37 ◦C in LB medium until the absorption at 600 nm reached 0.6 optical units.
The plasmid expression was induced with 0.5 mM Isopropyl β-D-1-thiogalactopyranoside
(IPTG). After overnight incubation at 20 ◦C, the cells were harvested by centrifugation
at 8000× g for 20 min at 4 ◦C, resuspended in 30 mL lysis buffer (1 M NaCl, 20 mM
sodium phosphate buffer, pH 6.0), and disrupted by sonication (Thermo Fisher Scientific,
Waltham, MA, USA). Cell debris and ribosomes were precipitated by stepwise (successive)
centrifugation at 12,000× g for 30 min and at 20,800× g for 50 min. After the addition of
20 mM imidazole, the supernatant was loaded onto an Ni-NTA agarose column (Qiagen,
Düsseldorf, Germany) equilibrated with 20 mM sodium phosphate buffer, pH 6.0, 0.2 M
NaCl, 20 mM imidazole. The protein was eluted with a linear gradient of imidazole from
20 mM to 250 mM. The fractions containing the target protein were concentrated and
dialyzed overnight against buffer containing 50 mM Tris-HCl, pH 8.0, 200 mM NaCl.

Protein concentration was measured spectrophotometrically using molar extinction
coefficients calculated according to [36], i.e., 4470 M−1cm−1 for WT Hfq and 8480 M−1cm−1

for tryptophan-containing mutants. The values of 9140 Da and 9150 Da were taken for the
molecular masses of WT Hfq and its Y55W mutant subunits.

4.3. Crystallographic Studies

Hfq Y55W crystallization was performed at 25 ◦C using the hanging drop vapor
diffusion method on siliconized glass in Libro plates. Drops were prepared by mixing
1–2 µL of protein solution with an equal volume of precipitant containing 7% Poly(ethylene)
glycol monomethyl ether (PEG 2000 MME), 2% 2-Methyl-2,4-pentanediol (MPD), 50 mM
Tris-HCl, pH 6.5. The crystals were flash cooled by liquid nitrogen after the addition of 30%
glycerol as a cryoprotectant.

The X-ray diffraction data were collected at the MX beam-line 14.1 with the Pilatus 6
M detector of BESSY II (Berlin, Germany). The data were processed in XDS and scaled in
AIMLESS (CCP4). The data collection statistics is presented in Table 3.

Table 3. X-ray data parameters and refinement statistics for the Pae Hfq Y55W mutant. Statistics for
the highest-resolution shell is shown in parentheses.

PDB ID 5I21

Wavelength (Å) 0.86
Resolution range (Å) 37.43–1.55 (1.605–1.55)
Space group P6
Unit cell 114.4 Å, 114.4 Å, 28.3 Å, 90◦, 90◦, 120◦

Total reflections 242,835 (23,797)
Unique reflections 31,293 (3038)
Multiplicity 7.8 (7.8)
Completeness (%) 1.00 (0.99)
Mean I/sigma (I) 25.89 (4.09)
Wilson B-factor 16.57
R-merge 0.04633 (0.5224)
R-meas 0.04967 (0.5593)

156



Molecules 2022, 27, 3821

Table 3. Cont.

PDB ID 5I21

CC1/2 1 (0.908)
CC* 1 (0.976)
R-work 0.1877 (0.2138)
R-free 0.2135 (0.2418)
CC(work) 0.965 (0.892)
CC(free) 0.943 (0.880)
Number of non-hydrogen atoms 1791

macromolecules 1592
water molecules 198
ions (Cl-) 1

RMS (bonds) 0.006
RMS (angles) 0.84
Ramachandran favored (%) 97
Ramachandran allowed (%) 3.1
Ramachandran outliers (%) 0
Rotamer outliers (%) 1.1
Clashscore 3.96
Average B-factor (Å2) 23.60

macromolecules 22.22
ligands 40.51
solvent 34.66

The determination of the protein structure was done by the molecular replacement
technique using the Phaser program of the Phenix set [37,38]. As an initial model, the
subunit of the WT Pae Hfq (PDB ID 1U1S [14]) was accepted. The asymmetric part of the
crystal cell contains three protein subunits that are half of the whole hexamer, which was
obtained by applying the crystallographic symmetry to this trimer. Then, the hexamer
protein structure was refined using the Phenix refine program [37]. The first step included
successive applications of the refinement protocols for isolated monomers (subunits) as
rigid bodies, simulation of molecular annealing, and standard refinement. Then, 198 water
molecules and one chloride ion were induced in the model for non-bound electron density
description. The final model had good stereochemical parameters, as shown in Table 3, and
was deposited in the PDB (ID 5I21).

4.4. Physical-Chemical Techniques

The protein absorption spectra were recorded using a Cary 100 Bio spectrophotometer
(Varian Medical Systems, Palo Alto, CA, USA). The Trp fluorescence spectra were recorded
at 293 nm excitation using a Cary Eclipse spectrofluorimeter (Varian Medical Systems, Palo
Alto, CA, USA) with a 1 × 1 × 4 cm3 quartz cell. Far-UV circular dichroism spectra were
measured using a Chirascan spectropolarimeter (Applied Photophysics Ltd., London, UK)
with a quartz cell of 0.1 mm pathway length.

Transverse urea-gradient electrophoresis (TUGE) was performed according to a pub-
lished protocol [31] with gels prepared in 20 mM Tris-HCl, pH 8.9, buffer at the 0 M–8 M
urea gradient and protein run for 4 h.

The dynamic light scattering experiments were done with Zetasizer Nano ZSP (Malvern
Panalytical, Malvern, UK) at 25 ◦C. Particle sizes were evaluated by the instrument’s software.

The size-exclusion chromatography was performed with HPLC chromatograph ProStar
(Varian Medical Systems, Palo Alto, CA, USA), Superdex 200 10/300 GL column, and a
flow rate of 0.4 mL/min. The calibration of the column at neutral pH was performed using
various globular proteins with known molecular mass in 20 mM Tris-HCl pH 7.5, 150 mM
NaCl buffer. The calibration of the column at pH 1.4 (50 mM HCl) was performed using
the proteins the globularity and size of which at pH 1.4 are not essentially different from
the ones at pH 7.5 accordingly to the independent data.
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Non-linear fitting and smoothing of experimental data, as well as their simulations,
were performed using Sigma Plot software (Systat Software Inc., Chicago, IL, USA).

4.5. Theoretical Basis

To reveal the changes of the protein fluorescence spectrum position caused by the
denaturants within a wide range of protein concentrations, a parameter called center of
mass (CM) was used. This parameter was calculated from each fluorescence spectrum as:

CM(nm) =
∑n

i=1 λi·A f l,i

∑n
i=1 A f l,i

, (1)

where Afl is the fluorescence intensity amplitude in arbitrary units at the wavelength λ
varying between 295 and 500 nm.

This parameter seems to be less sensitive to the noise of the spectra registration,
especially at low protein concentrations (in comparison, for example, with the ratio of the
fluorescence intensities at the left and the right of the spectrum maximum).

To selectively reduce the high-frequency noise, the spectra were smoothed using the
appropriate options of the SigmaPlot software (Systat Software Inc., Chicago, IL, USA).
The smoothed spectra were deconvoluted into two or three components (depending on
the unfolding model assumed) by least-square fitting using Equation (18) (see below).
As suggested previously [16], the main unfolding model for HFQ should include the
equilibrium transitions between the three basic states:

1
n

Nn
KNI←→ I

KIU←→ U, (2)

where N, I, U are the native, intermediate, and unfolded state of the protein subunits,
respectively, while n is the number of subunits and

Kn
NI =

[I]n

[Nn]
, (3)

KIU =
[U]

[I]
. (4)

With the overall polypeptide concentration (Cm) introduced, and the state fractions
(fN, fI, fU) as

fN =
n[Nn]

Cm
, (5)

f I =
[I]
Cm

, (6)

fU =
[U]

Cm
, (7)

fN + f I + fU = 1, (8)

the Equations (3) and (4) can be rewritten as

Kn
NI =

n f n
I Cn−1

m
fN

, (9)

KIU =
fU
f I

, (10)
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Combining the above equations, we get for the fraction of the intermediate state in the
scheme (2) (equations for the two other state fractions can be written similarly):

nCn−1
m

(
f I

KNI

)n
+ (1 + KIU) f I − 1 = 0. (11)

Since in the case of Hfq n = 6, these equations can be solved only by numerical
procedures. We used Newton method for finding a single real root satisfying to 0 < fI < 1.

Depending on the solvent composition and protein concentration, the maximal popula-
tion of the intermediate state can approach 1 (the two transitions are “well separated”). For
example, with KIU ≈ 0, the first transition in the scheme (2) can be considered separately,
with the two-state dissociation equation valid:

1
n

Nn
KNI←→ I, (12)

nCn−1
m

(
f I

KNI

)n
+ f I − 1 = 0, (13)

where fN + fI ≈ 1.
At any selected denaturant concentration, where Equation (13) holds and Cm = Cm,0.5

(transition midpoint, fN = fI = 0.5) we get from Equation (9):

ln KNI,0.5 = 1/n

[
ln(n) + (n− 1) ln

(
Cm,0.5

2

)]
. (14)

This equation was used in data analysis with fixed GuHCl concentrations (Figure 5).
To describe the unfolding of the monomeric triple mutant (see Figure 3b), a typical

two-state model together with the linear extrapolation method LEM [20] was used:

I
KIU←→ U. (15)

In this model, however, the state I displays close, but not necessarily identical, thermo-
dynamic parameters to the intermediate state of the three-state model (3).

For the analysis of the denaturant-induced unfolding at a constant temperature,
T0 = 298.15 K, the simplest LEM was used:

∆Y
XG = −RT0 ln(KY,w) = ∆Y

XGw −mYCden, (16)

where ∆Y
XGw and ∆Y

XG are the Gibbs energy changes in water and in the presence of the
denaturant, mY is the proportionality parameter (kJ/M mol), Cden is the molar denaturant
concentration, and R is the gas constant (kJ/K mol).

Hence, to simulate the state fraction dependence on the denaturant concentration at
any fixed Cm, one should set n, Cm, two proportionality coefficients, and two Gibbs energy
changes in water. The dependence of state populations, and hence, fluorescence spectra,
on the protein concentration can be used for estimating the spectrum of the intermediate
state at a denaturant concentration where the population of the unfolded state is negligible,
and the fraction of the intermediate state can be raised to 1 by protein dilution. In this case,
tryptophan fluorescence could be the most useful, as spectra could be reliably measured at
very low protein concentrations (in our case, down to 0.4 µM).

To change the population of various conformational states during the equilibrium
protein unfolding, we did the following.

For high-frequency noise reduction, the spectra, particularly those recorded at low
protein concentrations (<0.05 mg/mL), were smoothed using the appropriate options in
the SigmaPlot software (Systat Software Inc., Chicago, IL, USA). In some cases, the spectra
were standardized by dividing them by the intensity at some selected wavelength. Such
standardization minimizes the error caused by protein concentration uncertainty. The
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spectra were deconvoluted into two or three components (two- or three-state models) using
the least-square fitting based on the following equations:

Flsym(λ) = fN f lN(λ) + f I f lI(λ) + fU f lU(λ), (17)

where f X and flX are the populations and basic fluorescence spectra of the corresponding
states. Three basic spectra (for the native, monomeric, and unfolded state) were estimated
as described above (Figure 2c) and assumed to be independent of buffer composition. In
the case of a negligible unfolded state population, this equation transforms into:

Flsym(λ) = fN f lN(λ) + f I f lI(λ). (18)

Supplementary Materials: The following supporting information can be downloaded at: https://
www.mdpi.com/article/10.3390/molecules27123821/s1, Figure S1: The selected far-UV CD spectra
of Hfq variants for the crucial points of GuHCl-induced unfolding of the proteins.

Author Contributions: Conceptualization, V.F. and G.S.; Data curation, G.S.; Formal analysis, V.F.;
Funding acquisition, N.L.; Investigation, V.M. (Victor Marchenkov), N.L. and V.M. (Victoriia Murina);
Methodology, V.M. (Victor Marchenkov); Project administration, A.N.; Resources, N.L. and V.M.
(Victoriia Murina); Software, V.F.; Supervision, V.F. and G.S.; Validation, N.L., N.M. and I.K.; Visual-
ization, N.M.; Writing—original draft, V.F.; Writing—review & editing, G.S. All authors have read
and agreed to the published version of the manuscript.

Funding: This research was funded by the Russian Science Foundation, grant number 22-24-00934.

Institutional Review Board Statement: Not applicable.

Informed Consent Statement: Not applicable.

Data Availability Statement: Structural data are available in the Protein Data Bank (PDB) database
under the accession numbers 5I21 (http://doi.org/10.2210/pdb5I21/pdb, accessed on 13 April 2022).

Conflicts of Interest: The authors declare no conflict of interest. The funders had no role in the design
of the study; in the collection, analyses, or interpretation of data; in the writing of the manuscript, or
in the decision to publish the results.

Sample Availability: Samples of the Hfq mutant plasmids (Y55W and D9A/V43R/Y55W) are
available from the authors.

References
1. Tanford, C. Protein Denaturation. Adv. Protein Chem. 1968, 23, 121–282. [PubMed]
2. Pace, C.N. Conformational stability of globular proteins. Trends Biochem. Sci. 1990, 15, 14–17. [CrossRef]
3. Timasheff, S.N. Water as Ligand: Preferential Binding and Exclusion of Denaturants in Protein Unfolding. Biochemistry 1992, 31,

9857–9864. [CrossRef] [PubMed]
4. Braselmann, E.; Chaney, J.L.; Clark, P.L. Folding the proteome. Trends Biochem. Sci. 2013, 38, 337–344. [CrossRef]
5. Jaenicke, R. Folding and association of proteins. Prog. Biophys. Mol. Biol. 1987, 49, 117–237. [CrossRef]
6. Garel, J.-R. Folding of large proteins: Multidomain and multisubunit proteins. In Protein Folding; Creighton, T.E., Ed.; W.H.

Freeman and Company: New York, NY, USA, 1992; pp. 405–454.
7. Price, N. Folding and assembly of multi-subunit proteins. In Receptor Subunits and Complexes; Burgen, A., Barnard, E.A., Eds.;

Cambridge University Press: Cambridge, UK, 1992; pp. 9–38.
8. Wagner, E.G.H. Cycling of RNAs on Hfq. RNA Biol. 2013, 10, 619–626. [CrossRef]
9. Beisel, C.L.; Storz, G. Base pairing small RNAs and their roles in global regulatory networks. FEMS Microbiol. Rev. 2010, 34,

866–882. [CrossRef]
10. Wilusz, C.J.; Wilusz, J. Eukaryotic Lsm proteins: Lessons from bacteria. Nat. Struct. Mol. Biol. 2005, 12, 1031–1036. [CrossRef]
11. Moskaleva, O.; Melnik, B.; Gabdulkhakov, A.; Garber, M.; Nikonov, S.; Stolboushkina, E.; Nikulin, A. The structures of mutant

forms of Hfq from Pseudomonas aeruginosa reveal the importance of the conserved His57 for the protein hexamer organization.
Acta Crystallogr. Sect. F Struct. Biol. Cryst. Commun. 2010, 66, 760–764. [CrossRef]

12. de Fernandez, M.T.F.; Hayward, W.S.; August, J.T. Bacterial Proteins Required for Replication of Phage Qβ Ribonucleic Acid:
Purification and Properties of Host Factor I, a Ribonucleic Acid-Binding Protein. J. Biol. Chem. 1972, 247, 824–831. [CrossRef]

13. Mura, C.; Kozhukhovsky, A.; Gingery, M.; Phillips, M.; Eisenberg, D. The oligomerization and ligand-binding properties of
Sm-like archaeal proteins (SmAPs). Protein Sci. 2003, 12, 832–847. [CrossRef] [PubMed]

160



Molecules 2022, 27, 3821

14. Nikulin, A.; Stolboushkina, E.; Perederina, A.; Vassilieva, I.; Blaesi, U.; Moll, I.; Kachalova, G.; Yokoyama, S.; Vassylyev, D.;
Garber, M.; et al. Structure of Pseudomonas aeruginosa Hfq protein. Acta Crystallogr. Sect. D Biol. Crystallogr. 2005, 61, 141–146.
[CrossRef] [PubMed]

15. Panja, S.; Woodson, S.A. Hexamer to monomer equilibrium of E. coli Hfq in solution and its impact on RNA annealing. J. Mol.
Biol. 2012, 417, 406–412. [CrossRef] [PubMed]

16. Murina, V.N.; Melnik, B.S.; Filimonov, V.V.; Ühlein, M.; Weiss, M.S.; Müller, U.; Nikulin, A.D. Effect of conserved intersubunit
amino acid substitutions on Hfq protein structure and stability. Biochemistry 2014, 79, 469–477. [CrossRef]

17. Pace, C.N. Determination and Analysis of Urea and Guanidine Hydrochloride Denaturation Curves. Methods Enzymol. 1986, 131,
266–280.

18. Shirdel, S.A.; Khalifeh, K. Thermodynamics of protein folding: Methodology, data analysis and interpretation of data. Eur.
Biophys. J. 2019, 48, 305–316. [CrossRef]

19. Silva, J.L.; Silveira, C.F.; Correia, A.; Pontes, L. Dissociation of a native dimer to a molten globule monomer. Effects of pressure
and dilution on the association equilibrium of arc repressor. J. Mol. Biol. 1992, 223, 545–555. [CrossRef]

20. Doyle, C.M.; Rumfeldt, J.A.; Broom, H.R.; Broom, A.; Stathopulos, P.B.; Vassall, K.A.; Almey, J.J.; Meiering, E.M. Energetics of
oligomeric protein folding and association. Arch. Biochem. Biophys. 2013, 531, 44–64. [CrossRef]

21. Gloss, L.M. Equilibrium and kinetic approaches for studying oligomeric protein folding. Methods Enzymol. 2009, 466, 325–357.
22. Hobart, S.A.; Ilin, S.; Moriarty, D.F.; Osuna, R.; Colón, W. Equilibrium denaturation studies of the Escherichia coli factor for

inversion stimulation: Implications for in vivo function. Protein Sci. 2002, 11, 1671–1680. [CrossRef]
23. Bertoni, M.; Kiefer, F.; Biasini, M.; Bordoli, L.; Schwede, T. Modeling protein quaternary structure of homo- and hetero-oligomers

beyond binary interactions by homology. Sci. Rep. 2017, 7, 10480. [CrossRef] [PubMed]
24. Waterhouse, A.; Bertoni, M.; Bienert, S.; Studer, G.; Tauriello, G.; Gumienny, R.; Heer, F.T.; de Beer, T.A.P.; Rempfer, C.; Bordoli, L.;

et al. SWISS-MODEL: Homology modelling of protein structures and complexes. Nucleic Acids Res. 2018, 46, W296–W303.
[CrossRef] [PubMed]

25. Piszkiewicz, D.; Landon, M.; Smith, E.L. Anomalous cleavage of aspartyl-proline peptide bonds during amino acid sequence
determinations. Biochem. Biophys. Res. Commun. 1970, 40, 1173–1178. [CrossRef]

26. Ziolkowska, K.; Derreumaux, P.; Folichon, M.; Pellegrini, O.; Régnier, P.; Boni, I.V.; Hajnsdorf, E. Hfq variant with altered RNA
binding functions. Nucleic Acids Res. 2006, 34, 709–720. [CrossRef]

27. Lakowicz, J.R. Principles of Fluorescence Spectroscopy, 3rd ed.; Springer: New York, NY, USA, 2006; ISBN 0387312781.
28. Chen, Y.; Barkley, M.D. Toward understanding tryptophan fluorescence in proteins. Biochemistry 1998, 37, 9976–9982. [CrossRef]
29. Woody, R.W. Contributions of tryptophan side chains to the far-ultraviolet circular dichroism of proteins. Eur. Biophys. J. 1994, 23,

253–262. [CrossRef]
30. Micsonai, A.; Wien, F.; Kernya, L.; Lee, Y.H.; Goto, Y.; Réfrégiers, M.; Kardos, J. Accurate secondary structure prediction and fold

recognition for circular dichroism spectroscopy. Proc. Natl. Acad. Sci. USA 2015, 112, E3095–E3103. [CrossRef]
31. Creighton, T.E. Electrophoretic analysis of the unfolding of proteins by urea. J. Mol. Biol. 1979, 129, 235–264. [CrossRef]
32. Myers, J.K.; Nick Pace, C.; Martin Scholtz, J. Denaturant m values and heat capacity changes: Relation to changes in accessible

surface areas of protein unfolding. Protein Sci. 1995, 4, 2138–2148. [CrossRef]
33. Topping, T.B.; Hoch, D.A.; Gloss, L.M. Folding Mechanism of FIS, the Intertwined, Dimeric Factor for Inversion Stimulation.

J. Mol. Biol. 2004, 335, 1065–1081. [CrossRef]
34. Boudker, O.; Todd, M.J.; Freire, E. The structural stability of the co-chaperonin GroES. J. Mol. Biol. 1997, 272, 770–779. [CrossRef]

[PubMed]
35. Arluison, V.; Folichon, M.; Marco, S.; Derreumaux, P.; Pellegrini, O.; Seguin, J.; Hajnsdorf, E.; Regnier, P. The C-terminal domain

of Escherichia coli Hfq increases the stability of the hexamer. Eur. J. Biochem. 2004, 271, 1258–1265. [CrossRef] [PubMed]
36. Pace, C.N.; Vajdos, F.; Fee, L.; Grimsley, G.; Gray, T. How to measure and predict the molar absorption coefficient of a protein.

Protein Sci. 1995, 4, 2411–2423. [CrossRef]
37. Liebschner, D.; Afonine, P.V.; Baker, M.L.; Bunkoczi, G.; Chen, V.B.; Croll, T.I.; Hintze, B.; Hung, L.W.; Jain, S.; McCoy, A.J.; et al.

Macromolecular structure determination using X-rays, neutrons and electrons: Recent developments in Phenix. Acta Crystallogr.
Sect. D Struct. Biol. 2019, 75, 861–877. [CrossRef] [PubMed]

38. McCoy, A.J.; Grosse-Kunstleve, R.W.; Adams, P.D.; Winn, M.D.; Storoni, L.C.; Read, R.J. Phaser crystallographic software. J. Appl.
Crystallogr. 2007, 40, 658–674. [CrossRef]

161





Citation: Onchaiya, S.; Saotome, T.;

Mizutani, K.; Martinez, J.C.; Tame,

J.R.H.; Kidokoro, S.-i.; Kuroda, Y.

Reverse Engineering Analysis of the

High-Temperature Reversible

Oligomerization and

Amyloidogenicity of PSD95-PDZ3.

Molecules 2022, 27, 2813. https://

doi.org/10.3390/molecules27092813

Academic Editors: Tuomas Knowles

and René Csuk

Received: 14 March 2022

Accepted: 18 April 2022

Published: 28 April 2022

Publisher’s Note: MDPI stays neutral

with regard to jurisdictional claims in

published maps and institutional affil-

iations.

Copyright: © 2022 by the authors.

Licensee MDPI, Basel, Switzerland.

This article is an open access article

distributed under the terms and

conditions of the Creative Commons

Attribution (CC BY) license (https://

creativecommons.org/licenses/by/

4.0/).

molecules

Article

Reverse Engineering Analysis of the High-Temperature
Reversible Oligomerization and Amyloidogenicity
of PSD95-PDZ3
Sawaros Onchaiya 1,†, Tomonori Saotome 2,3,†, Kenji Mizutani 4 , Jose C. Martinez 5 , Jeremy R. H. Tame 4,
Shun-ichi Kidokoro 3 and Yutaka Kuroda 1,*

1 Department of Biotechnology and Life Science, Tokyo University of Agriculture and Technology,
2-24-16, Naka-cho, Koganei-shi 184-8588, Tokyo, Japan; s227417t@st.go.tuat.ac.jp

2 Institute of Global Innovation Research, Tokyo University of Agriculture and Technology, 3-8-1, Harumi-cho,
Fuchu-shi 183-8538, Tokyo, Japan; t_saotome@vos.nagaokaut.ac.jp

3 Department of Bioengineering, Nagaoka University of Technology, 1603-1, Kamitomioka-cho,
Nagaoka-shi 940-2188, Niigata, Japan; kidokoro@vos.nagaokaut.ac.jp

4 Graduate School of Medical Life Science, Yokohama City University, 1-7-29 Suehiro,
Yokohama 230-0045, Kanagawa, Japan; mizutani@yokohama-cu.ac.jp (K.M.);
jtame@yokohama-cu.ac.jp (J.R.H.T.)

5 Department of Physical Chemistry, Institute of Biotechnology, Faculty of Sciences, University of Granada,
18071 Granada, Spain; jcmh@ugr.es

* Correspondence: ykuroda@cc.tuat.ac.jp; Tel.: +81-42-388-7794
† These authors contributed equally to this work.

Abstract: PSD95-PDZ3, the third PDZ domain of the post-synaptic density-95 protein (MW 11 kDa),
undergoes a peculiar three-state thermal denaturation (N↔ In ↔ D) and is amyloidogenic. PSD95-
PDZ3 in the intermediate state (I) is reversibly oligomerized (RO: Reversible oligomerization). We
previously reported a point mutation (F340A) that inhibits both ROs and amyloidogenesis and
constructed the PDZ3-F340A variant. Here, we “reverse engineered” PDZ3-F340A for inducing
high-temperature RO and amyloidogenesis. We produced three variants (R309L, E310L, and N326L),
where we individually mutated hydrophilic residues exposed at the surface of the monomeric PDZ3-
F340A but buried in the tetrameric crystal structure to a hydrophobic leucine. Differential scanning
calorimetry indicated that two of the designed variants (PDZ3-F340A/R309L and E310L) denatured
according to the two-state model. On the other hand, PDZ3-F340A/N326L denatured according
to a three-state model and produced high-temperature ROs. The secondary structures of PDZ3-
F340A/N326L and PDZ3-wt in the RO state were unfolded according to circular dichroism and
differential scanning calorimetry. Furthermore, PDZ3-F340A/N326L was amyloidogenic as assessed
by Thioflavin T fluorescence. Altogether, these results demonstrate that a single amino acid mutation
can trigger the formation of high-temperature RO and concurrent amyloidogenesis.

Keywords: high-temperature reversible oligomerization; amyloidogenicity; oligomeric interface
residues; thermal denaturation; mutational analysis

1. Introduction

The two-state thermal denaturation process is a biophysical hallmark for a natively
folded single-domain globular protein. A two-state thermal denaturation process exhibits
a sharp endothermic peak as observed by micro-calorimetry [1–4], and the two-state un-
folding can be formally confirmed by thermodynamically analyzing the heat capacity from
differential scanning calorimetry (DSC) [5]. Exceptions to the two-state thermal unfolding
are observed when a molten globule (MG) state forms upon thermal denaturation [6–11],
usually under non-physiological conditions (acidic/high salt conditions) [8]. The equilib-
rium MG is a state where the secondary structure is retained, but the tertiary structure is
loosely packed, similar to the kinetic intermediates observed during protein folding [7].
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Post-synaptic density-95 protein (PSD-95) is a member of the membrane-associated
guanylate kinase (MAGUK) family. Like other MAGUK proteins, PSD-95 consists of three
PDZ domains, one SH3 domain, and one guanylate kinase [12–15]. PDZ3 is the third PDZ
domain of PSD-95, containing three α-helices and six β-strands. It is small, globular, and it
has a molecular weight of 11 kDa. PDZ3 undergoes a three-state denaturation process. The
intermediate state is not a MG state but is an oligomer formed reversibly at temperatures
as high as 60 to 70 ◦C, which we coined high-temperature reversible oligomer (RO) [16–19].

Recently, we found that the single mutations (F340A and L342A), which do not affect
the physicochemical properties of PDZ3 at ambient temperatures, could inhibit the forma-
tion of RO and amyloids [16]. Both variants (PDZ3-F340A and PDZ3-L342A) undergoing
a two-state unfolding process were designed by replacing hydrophobic residues at the
interface of the tetrameric crystal structure of PDZ3 to alanine. Namely, the residues were
identified by their large buried surface area (BSA) and accessible surface area (ASA). In
particular, F340A mutation inhibited not only high-temperature RO but also amyloidogene-
sis; however, it would be of interest to understand how a single mutation could induce the
formation of an RO state at a high-temperature.

This study applies a reverse engineering strategy to design point mutations to reintro-
duce high-temperature ROs in PDZ3-F340A. Reverse engineering test our hypothesis on
the mechanisms underlying the formation of high-temperature RO in natural sequences.
The PDZ3-F340A, which is RO-free, was used as a template protein. We hypothesized RO
is produced by a hydrophobic residue on the surface of the monomeric protein and buried
at the interface of the tetrameric structure. We thus selected three such hydrophilic residues
and replaced them with Leucine (Leu) to enhance the hydrophobic interaction between the
monomeric proteins. DSC analysis indicated that two variants unfolded according to the
two-state model and did not form high-temperature ROs; however, RO was successfully
reintroduced by the N326L mutation, and PDZ3-F340A/N326L was strongly amyloido-
genic, confirming a correlation between the appearance of RO and amyloidogenesis.

2. Results and Discussion
2.1. Reverse Engineering of PDZ3

This study used PDZ3-F340A, which undergoes a two-state thermal denaturation
as a template for examining whether one can find point mutations yielding RO at high
temperatures. PDZ3-F340A itself was designed by mutating F340A in the wild-type of
PSD95-PDZ3, which undergoes a three-state thermal denaturation with the concurrent
production of high-temperature RO. The RO-producing mutations are assumed to be
hydrophilic residues located on the surface of PDZ3 but at the interface of the tetrameric
structural unit. The mutation site was determined by calculating the ASA and RSA using
DSSP and by applying the following rules (i) high total monomeric accessible surface area
(ASA) and tetrameric buried surface area (BSA), (ii) high total tetrameric relative solvent
accessible area (RSA), (iii) non-hydrophobic residue, and, (iv) hydrophobic interaction
between a side-chain without a steric clash (Table 1 and Table S1). We thus computed the
ASA and BSA of PDZ3-F340A, modeled from the X-ray structure of PSD95-PDZ3-wt (PDB
ID: 3I4W) using COOT. A large ASA indicates that the residue is located on the surface of
the monomeric protein, while a large BSA indicates that the residue is in the interface of
the tetrameric unit cell. We selected three hydrophilic residues based on their RSA and
BSA (Figure 1a), namely R309, E310, N326, and visually confirmed their location using
PyMol (Figure S1, see Supplementary Materials). Note that the calculation from DSSP
was in line with those from PDBePISA [20], which we used in our previous reports [16,21].
Three variants, where the residues mentioned above were individually substituted to a
Leucine (Leu) with the aim of inducing high-temperature RO by increasing hydrophobic
interactions, were produced in E. coli, purified, and characterized as described in the
following sections.
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2.2. Biophysical Characterization of the PDZ3 Variants

The substitution of the candidate residues to Leu did not affect PDZ3 variants’ native
structure and physiochemical properties at ambient temperatures. Sedimentation velocity
analysis indicated that all PDZ3 variants were monomeric at 25 ◦C (Table S2, Figure S2).
CD spectra of PDZ3 variants showed that the secondary structure contents of PDZ3 variants
were identical to that of PDZ3-wt at temperatures up to 60 ◦C (Figure S3), and the denatu-
ration was reversible as assessed by measuring the spectra after cooling the heated sample
to 25 ◦C. The CD spectra of PDZ3 variants contained similar fractions of antiparallel and
parallel β-strands more than α-helix structures in line with the secondary structure content
calculated from the X-ray structure of PDZ3-wt (Table S3). The thermal denaturation curves
measured by CD at a concentration of 0.5 mg/mL and pH 7.5 were sigmoidal (Figure 2),
indicating an apparent two-state denaturation of the secondary structures (N↔D). For
discussion, we estimated the apparent thermodynamic parameters, and we calculated the
melting temperature (Tm) and van’t Hoff enthalpy (∆Hvan’t Hoff (Tm)) from the fitting of
the CD denaturation curves (Table 2). The apparent Tm of PDZ3-F340A/N326L was the
highest at 72.40 ◦C, whereas R309L and E310L slightly decreased the apparent Tm.

Table 1. ASA, BSA, and total RSA of candidate residues of PDZ3-F340A.

Residue
Monomeric ASA (Å2) Tetrameric ASA (Å2) Tetrameric BSA (Å2) Total RSA

(%)A B C D A B C D A B C D

GLU 310 142 145 140 143 28 145 140 46 114 0 0 97 95

ASN 326 109 107 110 107 109 23 21 107 0 84 89 0 89

ARG 309 216 218 220 218 27 218 220 202 189 0 0 16 75

ASN 369 154 160 157 160 154 17 157 160 0 143 0 0 73

GLU 331 175 175 173 174 175 12 173 174 0 163 0 0 73

THR 321 76 77 76 80 76 20 8 80 0 57 68 0 73

ARG 368 177 150 174 153 84 131 174 74 93 19 0 79 70

LEU 342 85 87 84 85 85 17 17 85 0 70 67 0 68

ALA 343 88 86 91 88 88 47 48 88 0 39 43 0 64

GLY 333 96 100 96 98 96 34 96 98 0 66 0 0 63

SER 320 131 132 132 131 131 100 66 131 0 32 66 0 63

ARG 313 169 169 164 172 90 169 164 81 79 0 0 91 62

PRO 311 67 69 65 67 20 69 65 17 47 0 0 50 61

GLU 395 150 146 148 149 38 146 148 149 112 0 0 0 50

LYS 380 138 138 138 140 138 113 50 140 0 25 88 0 48

GLY 322 25 24 22 25 25 2 0 25 0 22 22 0 42

ILE 389 50 48 49 48 10 48 49 11 40 0 0 37 39

VAL 328 34 35 33 33 34 2 2 33 0 33 31 0 37

ASP 366 108 91 107 88 75 68 107 77 33 23 0 11 35

GLN 391 43 44 43 46 2 44 43 9 41 0 0 37 35

Residues with ASA > 0 Å2 of at least one of the chains are listed. The monomeric and tetrameric ASA values of four
polypeptide chains (A, B, C, D) of PDZ3-F340A were calculated by DSSP. PDZ3-F340A and other variants were
modeled using X-ray crystallographic data of PSD95-PDZ3 (PDB ID: 3I4W) consisting of four monomeric chains
in each asymmetric unit cell using COOT (crystallographic object-oriented toolkit) [22] The modeled structures
were used for calculating accessible surface area (ASA) by DSSP. Buried surface area (BSA) was calculated by
subtracting the ASA in the tetrameric structure from the calculated ASA of the monomeric structure. Relative
solvent accessibility (RSA) is the total tetrameric ASA of each residue divided by the maximum amino acid solvent
accessibility from theoretical normalization values [23]. The selected residues are underlined.
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Figure 1. Secondary structure and three-dimensional accessible surface structures of PDZ3-F340A (a)
Total monomeric accessible surface area (ASA), total tetrameric buried surface area (BSA), and total
relative solvent accessible surface area (RSA) values of R309, E310, and N326 residues are shown in
square boxes; (b) TANGO analysis of β-aggregation (amyloid) prone regions in PDZ3-F340A. The
323–328 residue region crossing the β2 strand is represented in red. The 335–342 residue region
crossing the β3 strand is represented in orange. The 384–393 residue region crossing the β6 strand
and α-helix 3 at C-terminus is represented in yellow; (c) Three images of 90◦ counter-clockwise views
of the PDZ3-F340A tetrameric structure represent the aggregation-prone region on the interface of a
tetramer unit cell using Pymol. The color code is the same as in the amino acid sequence.

Table 2. Apparent Tm and van’t Hoff enthalpy (∆Hvan’t Hoff (Tm)).

Name Tm (◦C) ∆Hvan’t Hoff (Tm) (kJ/mol)

PDZ3-F340A/E310L 69.5 ± 0.0 375.6 ± 3.3

PDZ3-F340A/N326L 72.4 ± 0.0 309.5 ± 2.6

PDZ3-F340A/R309L 67.2 ± 0.0 363.1 ± 2.7

PDZ3-F340A 71.3 ± 0.0 367.4 ± 3.6

PDZ3-wt 71.1 ± 0.1 255.3 ± 3.2
The parameters were calculated by fitting the CD denaturation curves using a two-state model in Origin 2020b
software. CD denaturation curves were measured at 0.5 mg/mL, pH 7.5, 25–90 ◦C and +1.0 ◦C/min scan rate.
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Figure 2. CD thermal denaturation curves of PDZ3 variants at 0.5 mg/mL and pH 7.5 at a scan rate
of +1.0 ◦C/min. The CD values were monitored at 220 nm. Black dots are the experimental data, and
red lines are the fitting curves.

2.3. DSC Analysis and Thermodynamic Parameters

The DSC thermograms of reversely engineered PDZ3 variants were measured at a
0.5–1 mg/mL concentration in pH 7.5 with a +1 ◦C/min scan rate. A single endothermic
peak was observed in DSC thermograms of PDZ3-F340A, as reported earlier [16], and for
PDZ3-F340A/R309L and PDZ3-F340A/E310L. On the other hand, PDZ3-F340A/N326L
exhibited two distinct endothermic peaks similar to those observed for PDZ3-wt (Figure 3).
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Figure 3. Concentration dependence of DSC thermograms of PDZ3 variants at 0.5–1 mg/mL, pH 7.5,
and 1 ◦C/min scan rate. Black and red dots show DSC thermograms at a protein concentration of 1
and 0.5 mg/mL, respectively.

A detailed analysis of the DSC curves was performed using DDCL3 with a two- and
a three-state model (Table 3, Figure S4). The template PDZ3-F340A, PDZ3-F340A/E310L,
and PDZ3-F340A/R309L were well fitted with a two-state model (N↔D). Global fitting of
curves with protein concentrations of 0.5–1.0 mg/mL showed that PDZ3-F340A/N326L
and PDZ3-wt formed tetrameric and pentameric ROs (N↔1/4(I4)↔D and N↔1/5(I5)↔D),
respectively (Figures 4 and S5). In addition, we observed a strong correlation between
Tmid (N↔ In+D) and the apparent Tm determined by CD (Figures 5 and S6), but not
between Tmid (N + In↔D) and Tm. This result suggests that the secondary structures of
PDZ3-F340A/N326L and PDZ3-wt in the intermediate state is unfolded.
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Table 3. Thermodynamics parameters were calculated by DSC measurements at 0.5–1 mg/mL of
protein concentration.

Name Concentration (mg/mL) Transition Tmid (◦C) ∆Hcal (Tmid) (kJ/mol)

PDZ3-F340A/E310L
1 N-D 68.9 ± 0.1 341.8 ± 2.7

0.5 N-D 69.3 ± 0.1 343.1 ± 1.9

PDZ3-F340A/N326L
1

N-I4 68.1 ± 0.2 233.4 ± 10.1

N-D 73.4 ± 1.2 250.8 ± 16.8

0.5
N-I4 70.5 ± 0.1 239.0 ± 7.3

N-D 72.8 ± 0.7 242.7 ± 4.4

PDZ3-F340A/R309L
1 N-D 67.0 ± 0.1 364.6 ± 2.6

0.5 N-D 66.8 ± 0.1 359.9 ± 2.7

PDZ3-F340A
1 N-D 70.0 ± 0.1 369.0 ± 2.6

0.5 N-D 70.2 ± 0.2 358.7 ± 2.7

PDZ3-wt
1

N-I5 64.9 ± 0.1 251.4 ± 3.7

N-D 67.9 ± 0.3 296.0 ± 4.4

0.5
N-I5 67.8 ± 0.1 250.4 ± 8.2

N-D 69.5 ± 0.5 316.2 ± 8.5

Midpoint temperature (Tmid), calorimetric enthalpy (∆Hcal (Tmid)) of PDZ3 variants at pH 7.5 determined by
fitting the DSC thermogram using DDCL3. PDZ3-F340A/E310L (N-D model); PDZ3-F340A/N326L (N-I4-D
model); PDZ3-F340A/R309L (N-D model); PDZ3-F340A (N-D model); PDZ3-wt (N-I5-D model).
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Figure 4. Molar fraction of PDZ3-F340A/E310L (N-D), F340A/N326L (N-I4-D), F340A/R309L (N-D),
PDZ3-F340A (N-D model) and PDZ3-wt (N-I5-D model) by DDCL3 analysis of DSC thermograms
at 1 mg/mL, pH 7.5, and 1 ◦C/min scan rate. The lines represent natively folded monomers (blue),
intermediate oligomers (green), and unfolded monomers (red).
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2.4. High-Temperature ROs and Amyloidogenesis of the Variants

To gain insight into the concurrent formation of high-temperature ROs with amy-
loidogenicity in PDZ3, we monitored the ThT and ANS fluorescence (Figures 6 and S7).
We used ThT to monitor amyloidogenesis because there is a strong relationship between
beta-cross structures’ formation in fiber and oligomer forms [24–26]. ANS indicates molten
globule-like properties and binds to partially exposed hydrophobic surfaces and cavities
but also to aggregates with molten globule-like properties [24,27,28].
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Figure 6. Time-course of RO formation of PDZ3 variants monitored by (a) ThT fluorescence at
λEm 480 nm. The dye concentration was 12 µM; (b) ANS fluorescence at λEm 480 nm. The dye
concentration was 20 µM. Protein concentration was 1 mg/mL in pH 7.5. Mixture samples were
measured at 60 ◦C for 180 min. PDZ3-F340A/E310L (blue); PDZ3-F340A/N326L (orange); PDZ3-
F340A/R309L (gray); PDZ3-F340A (yellow); and PDZ3-wt (green).

The ThT fluorescence intensity of PDZ3-F340A/N326L upon incubation at pH 7.5 and
1 mg/mL at 60 ◦C and 70 ◦C for 3 h (Figures 6a and S7a) increased within 5 min and became
5 times higher than that of PDZ3-wt. On the other hand, the ThT fluorescence of PDZ3-
F340A/E310L, PDZ3-F340A/R309L, and PDZ3-F340A was essentially negligible. Thus,
a single mutation, N326L, not only induced RO but strongly increased amyloidogenicity.
For the purpose of discussion, let us note that the simultaneous increase of ANS and ThT
fluorescence was also observed for Lysozyme [29].

ANS fluorescence of PDZ3-F340A/N326L slightly increased while PDZ3-wt increased
within 10 min when incubated at 60 ◦C and 70 ◦C at pH 7.5 (Figures 6b and S7b). After
3 h of incubation, the fluorescent intensity of PDZ3-F340A/N326L was 2.5-fold higher
than the PDZ3-wt signal. The ANS fluorescence of the other variants was small. A
similar phenomenon appeared at 70 ◦C incubation, but the fluorescence intensity of PDZ3-
F340A/N326L and PDZ3-wt rapidly increased at the beginning and with higher intensity
than at 60 ◦C incubation. This result suggests that PDZ3-F340A/N326L in the RO state has
a molten globule-like property.

Finally, we measured the hydrodynamic radii (Rh) of the PDZ3 oligomers at tempera-
tures from 25 ◦C to 90 ◦C (Figure S8). First, the Rh of PDZ3 variants were two to three-times
larger at high than ambient temperatures (Table 4). In contrast, PDZ3-F340A/N326L
showed a hydrodynamic radius (Rh) of 6.74 ± 0.13 nm at 70 ◦C, and the oligomerization
was not fully reversible, as assessed by Rh measured after cooling the sample down to
25 ◦C. However, at a protein concentration of 0.5 mg/mL, the oligomerization was fully
reversible (Figure S9 and Table S4), strongly suggesting the reversibility of the oligomer
formed by N326L mutant, which we defined as a basic property of the RO state (R stands
for reversible).
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Table 4. Hydrodynamic radius (nm, Rh) by DLS.

Name 25 ◦C 40 ◦C 60 ◦C 70 ◦C 80 ◦C 90 ◦C 25 ◦C
(Reverse)

PDZ3-F340A/E310L 1.76 ± 0.04 1.46 ± 0.24 0.99 ± 0.11 0.94 ± 0.55 1.88 ± 0.02 1.63 ± 0.10 1.58 ± 0.07

PDZ3-F340A/N326L 1.15 ± 0.62 1.60 ± 0.03 0.82 ± 0.06 6.74 ± 0.13 7.94 ± 0.22 7.36 ± 0.98 5.68 ± 0.24

PDZ3-F340A/R309L 1.62 ± 0.03 1.62 ± 0.05 1.70 ± 0.01 2.00 ± 0.05 2.08 ± 0.01 2.08 ± 0.02 1.48 ± 0.02

PDZ3-F340A 1.54 ± 0.04 1.56 ± 0.02 1.66 ± 0.00 1.81 ± 0.07 2.23 ± 0.02 2.41 ± 0.13 1.61 ± 0.02

PDZ3-wt 1.65 ± 0.00 1.46 ± 0.02 1.65 ± 0.03 3.61 ± 0.07 3.06 ± 0.03 2.41 ± 0.05 1.66 ± 0.06

DLS was measured at 1 mg/mL, pH 7.5, and 25–90 ◦C, and after cooling the sample back to 25 ◦C after heating.
Rh values were calculated from size-volume graphs. The errors are the standard deviation of three-times
measurements with the same sample.

2.5. The N326L Mutation Induces RO and Amyloidogenesis

Despite being still rare, the number of high-temperature RO observations is gradually
increasing, albeit under non-physiological conditions (Cytochrome c) [30], artificially re-
designed protein for controlling solubility (tagged BPTI) [19], or globular domains with
natural sequences (Dengue4 envelope domain 3 (DEN4ED3) [31]. In addition, we previ-
ously showed that the intermediate state (or RO) could be fully inhibited by replacing
a single hydrophobic residue at the crystal interface with an alanine [16,21,31], which
correlated with the inhibition of amyloidogenicity.

Here, we used a reversed engineering strategy to assess whether increasing the hy-
drophobicity of the crystal interface induces RO and concurrent amyloidogenicity. We
constructed three variants and confirmed that their structure and physicochemical proper-
ties were conserved at low and ambient temperatures (Figures S1 and S6, and Table S5).
Our experiment unambiguously indicated that one of the variants, PDZ3-F340A/N326L
undergoes a three-state denaturation (N↔ 1/4(I4)↔D), indicating that a single mutation
can induce the formation of RO at high-temperature. In contrast, PDZ3-F340A/E310L and
PDZ3-F340A/R309L do not induce RO as shown by a single endothermic peak in DSC
thermograms and undergo a two-state denaturation (N↔D) like our template PDZ3-F340A.

It remains unclear why the N326L mutation-induced RO, but not R309L nor E310L,
despite all three mutations being located at the crystallographic tetramer interface. Further
inspection indicated that N326 is located on the β2 strand of PDZ3-F340A, whereas E310
and R309 are in a loop close to the β1-strand. In addition, the aggregation-prone region of
PDZ3-F340A calculated by TANGO [32] indicated that N326 is placed in the 323–328 β2
strand, which has a high amyloidogenicity tendency (Figure 1b). On the other hand, R309
and E310 are in nonamyloidogenic regions. These regions were confirmed in PDZ3-wt by
heteronuclear NMR experiments, being β2 engaged in the intermediate arrangement of
the unfolding intermediate, whereas the β1 region does not [33]. The F340A and L342A
mutations, which abolished RO and amyloidogenicity in the PDZ3-wt, were also located
in the 335–343 region crossing the β3 strand amyloidogenic regions (data not shown).
Thus, although E310 and R309 are located at the interface, which we assumed would
increase the hydrophobic interaction and induce RO formation, they did not induce RO
nor amyloidogenicity. In addition, the accessible surface area model created by PyMOL
showed that the 323–328 region is buried when proteins arrange into the tetramer, but the
335–343 region is not (Figure 1c).

3. Materials and Methods
3.1. Protein Expression, Purification, and Identification

The proteins were prepared according to our previously reported protocol. In short,
single mutations were introduced using a Quikchange protocol and a synthetic gene
encoding PDZ3 cloned into a pBAT4 vector as the template. All variants were overexpressed
in Escherichia coli strain BL21(DE3) with 1 L of LB medium. Protein expression was induced
by adding 0.2 mM IPTG when the OD at 590 nm reached 0.6, and the culture was further
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incubated at 37 ◦C, 120 rpm for 4 h. The harvested cells were dissolved in 20 mL of 50 mM
Tris-HCl (pH 8.7) and lysed by ultrasonication. The supernatant fraction of the cell lysate
was then acidified to pH 3 by adding around 1 mL of 1 M HCl and ultracentrifuged.
The recombinant proteins were purified from the supernatant by reverse-phase HPLC,
lyophilized, and stored at −30 ◦C until use, as we reported in previous reports [34,35].

The molecular weight of the protein was confirmed by matrix-assisted laser
desorption/ionization-time of flight (MALDI-TOF) MS measurements using the plate
with Autoflex speed TOF/TOF (Bruker Daltonics, Fremont, CA, USA). The matrix solution
was prepared by dissolving 10 mg of sinapic acid in 1 mL of a solution containing 300 µL of
acetonitrile, 100 µL of 1% trifluoroacetic acid, and 600 µL of Milli Q water. Protein samples
were prepared by mixing 1 µL of protein solution with 9 µL of the matrix solution. 1 µL of
10 µM, 1 µM, and 0.1 µM sample mixtures were spotted and air-dried on the MALDI-TOF
MS plate. The molecular weights of all proteins were within 7 Da of the theoretical values
(Table S6) computed with ExPASy’s ProtParam tool (https://web.expasy.org/protparam/
accessed on 30 May 2020).

Samples were prepared by dissolving lyophilized proteins in Milli Q water, and the
protein concentrations of samples were adjusted to 0.2, 0.5, and 1.0 mg/mL in 50 mM
potassium phosphate buffer (pH 7.5). The protein concentrations were determined by
measuring absorbance at 280 nm (ε = 2980 M−1 cm−1) using a Nanodrop (Thermo Fisher
Scientific, Waltham, MA, USA). The pH of the samples was confirmed just before perform-
ing the experiments. Freshly prepared samples were used for CD, DLS, and fluorescence
spectroscopy measurements.

3.2. Differential Scanning Calorimetry (DSC) Measurements

Samples were prepared by dissolving lyophilized proteins in Milli Q water and dia-
lyzed for 18 h at 4 ◦C in 50 mM potassium phosphate buffer (pH 7.5) using a Spectra/Por
3 membrane (MWCO of 3.5 kDa) with one buffer exchange. After dialysis, the protein
concentration of samples was adjusted to 1 mg/mL and filtered with Disposable Ultrafil-
tration Unit, 200 K MWCO (ADVANTEC®, Tokyo, Japan), to remove aggregates. Protein
concentrations and pHs of the samples were confirmed just before performing experiments.

DSC measurements were performed using a VP-DSC microcalorimeter (Malvern Pan-
alytical Ltd., Malvern, UK) at a scan rate of +1.0 ◦C/min in the temperature range of 20 to
100 ◦C, essentially in line with our previous reports [36,37]. Baselines were recorded before
measurements using a 50 mM potassium phosphate buffer (pH 7.5). The reversibility of the
thermal unfolding was checked by repeating scans of the same sample. Thermodynamic
parameters (Tmid and ∆H(Tmid)) were determined by analyzing the apparent heat capacity
curves using a non-linear, least-squares fitting algorithm, DDCL3, and assuming a linear
temperature dependence of the heat capacity of the native and denatured states [5,38].

3.3. Circular Dichroism (CD) Measurements

CD measurements was performed using a Jasco-J820 spectropolarimeter (Tokyo,
Japan). A quartz cuvette with 2-mm optical path length was used. The secondary struc-
ture contents from CD spectra were calculated using BeStSel [39]. Thermal stability was
measured at a protein concentration of 0.5 mg/mL in 50 mM potassium phosphate buffer
(pH 7.5), at a +1.0 ◦C/min scan rate, and monitored between 25 ◦C and 90 ◦C using the
CD value at 220 nm. Melting temperatures (Tm) were computed through least-squares
fittings of experimental data to a two-state model using Origin 2020b (OriginLab Corp,
Northampton, MA, USA) [40].

3.4. Dynamic Light Scattering (DLS) Measurements

DLS measurements were performed using a glass cuvette with a Zeta-nanosizer
(Nano S, Malvern, UK). The sample was measured at 25–90 ◦C and reversed to 25 ◦C.
The hydrodynamic radius (Rh) was calculated using the Stokes-Einstein equation from
size-number plots [41].
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3.5. Fluorescence Spectroscopy Measurement

ANS fluorescence was measured at an excitation wavelength of 380 nm at 60, 70 ◦C
for 53 h. The emission spectra were monitored from 400 to 600 nm. ThT fluorescence was
measured with an excitation wavelength of 444 nm, and the emission spectra were observed
from 460 to 640 nm. The final concentration of Thioflavin T (ThT) and
8-Anilino-1-naphthalenesulfonate (ANS) was 12 and 20 µM, respectively. The dye was
mixed with 300 µL of the samples, from which 60 µL were transferred to a 3.00 mm
Hellma® micro cuvette.

3.6. Analytical Ultracentrifugation (AUC) Measurements

Samples were prepared by dissolving lyophilized proteins in Milli Q water and di-
alyed for 18 h at 4 ◦C against 50 mM potassium phosphate buffer pH 7.5. The protein
concentrations of the samples were adjusted to 1 mg/mL by diluting with the dialyzed
buffer. Samples were filtered with a 0.20 µm membrane filter (MilliporeSigma, Burlington,
VT, USA) for removing aggregates. Protein concentrations and pH values of the samples
were confirmed just before performing the experiments.

Sedimentation velocity experiments were carried out using an Optima XL-I analytical
ultracentrifuge (Beckman-Coulter) with An-50 Ti analytical 8-place titanium rotor at 25 ◦C.
Samples were transferred to a 12-mm double-sector epon charcoal-filled centerpiece and
centrifuged at a rotor speed of 50,000 rpm, and the absorbance was monitored at 280 nm.
Sedimentation velocity data were analyzed using the continuous distribution c(s) analysis
module in the SEDFIT software [42]. The range of sedimentation coefficients, where
the main peak was present, was integrated to obtain the weighted average sedimentation
coefficient. The c(s) distribution was converted into c(M), a molar mass distribution. Solvent
density, viscosity, and protein partial specific volumes were calculated using SEDTERP [43].

4. Conclusions

The reverse engineering strategy confirmed that hydrophobic interaction at the in-
terface of the monomeric unit in the crystal tetramer induces the RO formation at a high-
temperature. Thermodynamic analysis of the DSC denaturation curves indicated that the
molar fraction of RO becomes maximal at 60 to 70 ◦C and that the secondary structures
of PDZ3-F340A/N326L and PDZ3-wt in the intermediate state (RO state) are unfolded.
Furthermore, the reversed engineering strategy confirmed the relationship between RO
appearance and amyloidogenicity. Kinetic experiments need to establish whether ROs
are on or off-pathway for amyloidogenesis, but the present results strongly favor the
on-pathway hypothesis.

Supplementary Materials: The following supporting information can be downloaded at: https:
//www.mdpi.com/article/10.3390/molecules27092813/s1, Figure S1: Accessible surface models
of PDZ3 variants and PDZ3-wt by Pymol; Figure S2: Sedimentation velocity analysis of PDZ3
variants by AUC measurements; Figure S3: CD spectra of PDZ3 variants; Figure S4: Concentration
dependence of DSC thermograms of PDZ3 variants fitting by DDCL3 analysis; Figure S5: Molar
fraction of PDZ3 variants calculated by DDCL3 analysis of DSC thermograms; Figure S6: Fitting curve
calculated by CD thermal denaturation superimposed to the molar fraction of In + D state calculated
from DSC thermograms; Figure S7: Time-course fluorescence spectra of PDZ3 variants at 70 ◦C by
monitoring ThT and ANS fluorescence; Figure S8: Hydrodynamic radii (Rh) of PDZ3 variants using
DLS measurements; Figure S9: Bar plot of Hydrodynamic radius (nm, Rh) by DLS measurements;
Table S1: Accessible Surface Area values of artificial crystallographic PDZ3-F340A calculated by DSSP;
Table S2: Molecular weight of PDZ3 variants determined by MALDI-TOF MS; Table S3: Secondary
structure contents of PDZ3 variants calculated by BeStSel; Table S4: Sedimentation velocity analysis of
PDZ3 variants at 25◦C analyzed using SEDFIT and SEDNTERP; Table S5: Residues of PDZ3 variants
between DSC raw data and fitting curves calculated with DDCL3; Table S6: Hydrodynamic radius
(nm, Rh) by DLS.
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Abstract: The formation of amyloid fibrils is one of the variants of the self-organization of polypeptide
chains. For the amyloid aggregation, the solution must be oversaturated with proteins. The interface
of the liquid (solution) and solid (vessel walls) phases can trigger the adsorption of protein molecules,
and the resulting oversaturation can initiate conformational transitions in them. In any laboratory
experiment, we cannot exclude the presence of surfaces such as the walls of vessels, cuvettes, etc.
However, in many works devoted to the study of amyloid formation, this feature is not considered.
In our work, we investigated the behavior of the Aβ 1-40 peptide at the water–glass, water–quartz,
and water–plastic interface. We carried out a series of simple experiments and showed that the
Aβ 1-40 peptide is actively adsorbed on these surfaces, which leads to a significant interaction and
aggregation of peptides. This means that the interface can be the place where the first amyloid
nucleus appears. We suggest that this effect may also be one of the reasons for the difficulty of
reproducing kinetic data when studying the aggregation of the amyloid of the Aβ 1-40 peptide and
other amyloidogenic proteins

Keywords: amyloidogenesis; aggregation; adsorption; Aβ 1-40 peptide; boundary of liquid phase

1. Introduction

Amyloid aggregation remains one of the most exciting areas in the biophysics of pro-
tein molecules. Great efforts have been directed to studying the first stages of aggregation—
the formation of the nucleus of amyloid fibrils. Many researchers suggest their spontaneous
appearance in solution [1,2]. This interpretation draws an analogy between the process
of amyloid aggregation and the process of crystallization. Goto also draws an analogy
between amyloid formation and crystallization in his recent works [3]. As is known, under
natural conditions, crystallization begins at inhomogeneities—dust grains, surface defects,
etc. The rate of crystallization on such inhomogeneities significantly exceeds the rate of
spontaneous crystallization from solution [4,5]. Studies devoted to the effect of various
surfaces on amyloid formation also indicate similar phenomena during the initiation of
the amyloid fibrils growth [6–8]. This behavior is typical for nucleation and elongation
systems. The speed of the whole process depends on a random event—the appearance
of the first seed of a new phase [9]. This makes the process difficult to experimentally
reproduce. Poor reproducibility of the results is one of the complex problems in the ex-
perimental study of the kinetics of amyloid fibril formation. The search for a solution
to this problem led us to two possible explanations. The first follows from the theory of
nucleation and elongation—these are just the nature of the aggregation process. That is, a
single random event triggers the aggregation. Second, there is a systematic factor that is
not taken into account by researchers. Instead, these two explanations are combined into
one: an unaccounted factor leads to the appearance of seeds.

The area of interest of the presented work was the effect of the surface of the vessel,
cuvette, or test tube, in which amyloid aggregates are formed. This interest is easy to
explain. On the one hand, papers indicate that the surface can modulate the aggregation
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process [10,11]; on the other hand, in most works, the question of the surface effect influence
on the process in bulk is omitted [12]. To investigate the processes occurring on the glass
surface, in the conditions of our experiments, studies of the aggregation of Aβ 1-40 peptides
were carried out. We labeled Aβ 1-40 peptides by fluorescent dyes Cy5 and Cy3 and used
them for observation. We have shown that Aβ 1-40 peptide is adsorbed in significant
amounts on the glass surface, which leads to the significant interaction and aggregation
of peptides.

2. Results and Discussion
2.1. The Choice of the Method of Observation

A number of spectral and microscopic methods can be used to monitor protein aggre-
gation and amyloid formation [10]. Each of them has its area of application, advantages,
and disadvantages. For our research, the possibility of direct observation without the stage
of sample preparation is essential. In AFM and TEM, a small portion of the solution is
taken as a sample, limiting the field of view. In addition, fixation of the sample to the
base sheet can lead to artifacts. The SPR method requires fixing one of the interacting
components on a previously prepared substrate. Having analyzed the available research
methods in this way, we concluded that fluorescent methods are the most acceptable.
Additionally, since there are no tryptophan residues in the Aβ peptide 1-40 sequence, we
need an added fluorescent label. The most commonly used label for amylolide structures is
the ThioflavinT dye. However, it does not fully satisfy our needs, since it has a low binding
to early-stage aggregation species compared to mature fibrils. Namely, these stages are the
most interesting and least studied.

So, we chose the fluorescence of the attached dyes as the observation method. In this
case, we used two dyes that form a FRET pair—Cy3 and Cy5. When these dyes become
closer fluorescence energy of Cy3 can transfer to Cy5. This effect allows to evaluate the
interaction between peptides. According to the data of a structural study, in the amyloid
fibril of Aβ peptide 1–40, the peptides are located so that their C-terminus is covered
from the solvent, and the N-terminus are relatively accessible and close one by one (see
Figure 1) [13]. Therefore, we assumed that the peptides marked on the N-terminus would
bring the dyes closer together during the formation of amyloid structures, which we will
register by the change in the fluorescence spectrum. It was planned in this way to record
the kinetics of the initial stages of aggregation.
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2.2. FRET Measurement in Bulk Solution and on Surfaces

One-half of the peptides were labeled Cy3 dye, which served as a fluorescence donor.
The other half was marked with Cy5 dye, which served as an acceptor. The experiments
described below were used such peptides in a 1:1 ratio, mixed before or during the ex-
periment. The first experiments carried out in the bulk volume of a solution did not give
the desired results. At the initial moments, the FRET signal was not registered. Further
research shows that this can be explained by the fact that the objects of our interest were
not located in the observed area. We schematically illustrated this idea in Figure 2A. As
can be seen, when using the classical design of the fluorescence experiment, only the signal
in crossing the excitation light beam and the detector’s field of view can be registered. The
walls of the cuvette are not into this area; therefore, it is not possible to observe what is
happening on them.
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To test our hypothesis, we changed the design of the experiment. Fluorescence at
the interface now also fell into the field of view (Figure 2B). First, the fluorescence of a
droplet of a peptide solution labeled with Cy3 dye was measured on the glass surface.
Then, a solution of the peptide labeled with the Cy5 dye was added to it. In this case, a
fluorescence peak of Cy5 appeared, which indicates the interaction of peptides labeled
with different dyes. After that, we gently washed the glass surface and applied a drop of
the buffer solution without peptides. The spectrum retained the Cy5 fluorescence peak.
The results present in Figure 3 show that the peptides were adsorbed on the surface and
were not washed off. This result redirected our experiments towards finding and refining
the site of initial aggregation of Aβ 1-40 peptides.

Since the study of amyloid aggregation is carried out not only in glass containers
but also in plastic test tubes and in quartz cuvettes, we investigated the influence of these
surfaces as well. We obtained similar results. The appearance of FRET is also observed on
these surfaces. This signal also remains after flushing the surface.

A reasonable question arises: are the attached dyes the driving force behind the
sorption of peptides on the surface? We carried out an additional experiment, which
showed that dyes Cy3 and Cy5 by themselves in concentrations comparable to those used
in our experiments are not adsorbed in significant amounts on the glass surface. This
indicates that they are not the driving force behind peptide–surface interactions. In what
follows, we proceeded from the assumption that the observed effects are a consequence of
the properties of the peptides.
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2.3. Visualization of the Aggregation Site Using Confocal Fluorescence Microscopy

To clarify and visualize the localization of interacting peptides, we used a confocal flu-
orescence microscope. Solution of mixed peptides was applied onto the microscope slides
and covered with a coverslip slide. The entire space was examined layer by layer, from
the slide to the coverslip, capturing their surfaces. In the channel of general fluorescence
(excitation and registration of fluorescence of both dyes), we found that most fluorescent
particles are concentrated on glass surfaces (see Figure 4). Moreover, a significant transfer
of fluorescent energy (excitation of Cy3 fluorescence and registration of Cy5 fluorescence) is
observed precisely on the glass surface. This fact indicates the interface as a possible place
for a significant increase in the concentration of peptides and, consequently, acceleration of
their interaction and aggregation.
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2.4. Can We Avoid Surface Effects?

The next logical step in this research is to find ways to inhibit surface effects. To do
this, we need to change the properties of the surface and reduce its ability to adsorb protein.
Without inventing a new one, we used a well-proven way with preliminary processing
of the glass surface with a BSA solution. The experiments described in Section 2.2 were
repeated. The results of this experiment are shown in Figure 5. On the surface treated
with BSA, the effect of fluorescent energy transfer was almost completely suppressed. That
means no close interaction between peptides without accessible glass surfaces. No peptide
adsorption was observed on the treated surface. The absence of adsorption indicates
the absence of binding of the Aβ to BSA located on the surface. In conjunction with
the fact that the BSA does not go from the surface into the solution (we checked this
spectrophotometrically), we can conclude that the reason for the change in behavior is
precisely in the hiding of the glass surface from peptides.
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This experiment also answered the critical question: does the interaction occur be-
tween already sorbed proteins, or does aggregation occur first, and then adsorption? Since
no energy transfer is observed when glass surfaces are inaccessible, the interaction between
peptides occurs only on the accessible surface already after their adsorption and not in
the bulk solution. In addition, since there is no significant increase in FRET during the
experiment with a treated surface, the rate of aggregation of peptides in bulk solution is
much lower. This fact indicates the surface as a factor of aggregation accelerating.

2.5. Conclusions

The analysis of the presented results concludes that it is necessary to take into account
the phenomena occurring with proteins on the surface of the vessels in which the experi-
ment is carried out, especially when it happens by concentration-dependent nucleation
and elongation as in the case of aggregation and amyloid formation. Any vessel used in an
experiment has walls that can affect protein adsorption and change the protein structure.
The critical question: what is the influence of surface effects on the behavior of the protein
in bulk? However, answering this question remains outside the scope of this article. This
question is especially acute in the presence of solution movement, for example, when
pouring or stirring. Undoubtedly, it should be the subject of further research.

The influence of various surfaces on amyloid aggregation has been studied for a long
time. However, as the results of this work show, this factor can take place in any experiment
without the addition of specific surfaces. The interface between the liquid phase and the
vessel wall is sufficient. As the analysis of the literature has shown, this fact falls out of
the field of view of researchers almost always when surface effects are not an object of
interest. From our point of view, the described effects are pretty suitable for the role of
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unaccounted systemic factors affecting the reproducibility of experiments on the study
of amyloid aggregation. Projecting this thought onto living organisms, we see a variety
of different surfaces, each of which can influence the process of amyloid formation in its
way. However, it is worth noting that there should not be so many surfaces that provoke
amyloid formation; otherwise, amyloidosis would be much more frequent.

3. Materials and Methods
3.1. Gene Expression; Isolation and Purification of Aβ Peptide 1-40

The plasmid vector pET-32 LIC allows one to express the target peptide gene fused
with the trx gene of thioredoxin within a hybrid protein. The hybrid protein also carries
the 6×His sequence to ensure rapid and efficient purification of the product using metal
chelate chromatography. The expression level of hybrid protein in this construct was
appreciably high, making it possible to produce more target proteins. The expression of
genes was performed in E. coli strain BL-21 DE3. Once expression had been completed,
E. coli cells were precipitated by centrifugation at 6000× g and 4 ◦C for 15 min.

The resulting cell biomass was resuspended in 50 mM Tris-HCl, pH 8.0, 1 mM EDTA,
0.02 M β-mercaptoethanol; MgCl2 (to a final concentration of 5 mM) and DNase I (Sigma-
Aldrich, St. Louis, MO, USA) (50 µg per g of cells) were added. The cell suspension was
homogenized on a French press (Spectronic Instruments, Inc., Irvine, CA, USA). The water-
insoluble fraction of the homogenate was precipitated by centrifugation at 30,000 rpm for
30 min; approximately 90% of hybrid protein was present in the water-soluble fraction.
The hybrid protein was isolated from the cell lysate by ion-exchange chromatography on
a DEAE-cellulose column (Sigma-Aldrich, St. Louis, MO, USA) in 20 mM Tris-HCl, pH
8.0, 100 mM NaCl. The hybrid protein was eluted with 50–500 mM NaCl gradient in the
same buffer.

Next, the hybrid protein was purified on a column packed with nickel-nitrilotriacetic
acid (Ni-NTA)metal chelate resin (Qiagen, Hilden, Germany) equilibrated with 50 mM
Tris-HCl buffer, pH 8.0, containing 300 mM NaCl. The hybrid protein was eluted with
20–250 mM imidazole gradient. The purified hybrid protein was concentrated on the
DEAE-cellulose column until a concentration of at least 10 mg/mL. The hybrid protein
was subjected to enzymatic cleavage using factor Xa protease (Sigma-Aldrich, St. Louis,
MO, USA) in 20 mM Tris-HCl buffer, pH 8.0, containing 100 mM NaCl and 5 mM CaCl2, at
room temperature for 24 h at a 1:2000 molar ratio between the enzyme and the protein. The
reaction mixture was applied to the column packed with Ni-NTA in the respective buffer;
the target Aβ peptide 1-40 was not bound to the sorbent and was eluted from the column
immediately after the void volume mark. The purity and homogeneity of the obtained
peptide was assessed by electrophoresis in 15% SDS-PAAG.

3.2. Peptide Labeling

To obtain fluorescently labeled peptides, we used fluorescent dyes manufactured by
Jena Bioscience Gmbh (Jena, Germany). The peptides were chemically bound to Cy3 Cy5
dyes according to the manufacturer’s protocol. The pH of the solution was 7, following
the manufacturer’s recommendations for selective binding to the N-terminus of peptides.
Separation of labeled peptides and unbound dye was performed by SEC on a Sephadex
G-25 column. The labeling efficiency was assessed spectrophotometrically in accordance
with the manufacturer’s guidelines.

3.3. Fluorescence Spectroscopy

The fluorescence measurements were made on a Cary Eclipse fluorescence spectropho-
tometer (Varian, Palo Alto, CA, USA). Measurements were taken in a quartz cuvette
3 × 3 mm for a standard variant and used a plate reader to measure the fluorescence on the
surface. The fluorescence spectra were recorded at 550–750 nm at an excitation wavelength
of 513 nm. The final concentration of the peptide was 0.03 mg/mL.
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3.4. Confocal Fluorescence Microscopy

A Leica TCS SPE confocal fluorescent microscope was used to clarify and visualize
the localization of interacting peptides. The specimens (5 µL) were applied onto the
microscope slides and covered with a coverslip slide. Confocal fluorescence microscopy
images were recorded with excitation at 532 and emission registration at 553–778 nm for
general fluorescence and at 650–778 nm for FRET. The final concentration of the peptide
was 0.03 mg/mL.
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Abstract: Many important biological processes such as protein folding and ligand binding are too
fast to be fully resolved using conventional stopped-flow techniques. Although advances in mixer
design and detection methods have provided access to the microsecond time regime, there is room for
improvement in terms of temporal resolution and sensitivity. To address this need, we developed a
continuous-flow mixing instrument with a dead time of 12 to 27 µs (depending on solution viscosity)
and enhanced sensitivity, sufficient for monitoring tryptophan or tyrosine fluorescence changes at
fluorophore concentrations as low as 1 µM. Relying on commercially available laser microfabrication
services, we obtained an integrated mixer/flow-cell assembly on a quartz chip, based on a cross-
channel configuration with channel dimensions and geometry designed to minimize backpressure.
By gradually increasing the width of the observation channel downstream from the mixing region, we
are able to monitor a reaction progress time window ranging from ~10 µs out to ~3 ms. By combining
a solid-state UV laser with a Galvano-mirror scanning strategy, we achieved highly efficient and
uniform fluorescence excitation along the flow channel. Examples of applications, including refolding
of acid-denatured cytochrome c triggered by a pH jump and binding of a peptide ligand to a PDZ
domain, demonstrate the capability of the technique to resolve fluorescence changes down to the
10 µs time regime on modest amounts of reagents.

Keywords: turbulent mixing; continuous flow; fluorescence; reaction mechanism; protein folding;
protein–ligand interactions

1. Introduction

Fast time-resolved measurements are essential for gaining mechanistic insight into
biological processes such as enzyme catalysis, protein and RNA folding and protein–ligand
interactions, which often occur on a time scale extending into the microsecond range.
Various techniques have been used to trigger reactions, including temperature and pres-
sure jumps [1–3], flash photolysis [4], electron transfer [5], hydrodynamic focusing under
laminar flow conditions [6,7] and turbulent mixing [8–11]. Flash photolysis and temper-
ature jump techniques have been used to trigger protein folding reactions within a few
microseconds or less, but they have been limited in scope because of the requirement of
a photochemical trigger and cold-denatured initial state, respectively. Elegant hydrody-
namic focusing experiments have been developed that can achieve about 90% efficiency
for mixing a macromolecule and a small molecule (e.g., denaturant or acid) in less than
10 µs [7,12], but they have not been applied widely due to the high protein concentrations
and challenging laser optics needed for monitoring reaction progress in a thin (<1 µm)
layer of protein solution. In contrast, rapid mixing of two (or more) reactants by turbulent
mixing has proven to be a more generally applicable and versatile approach for initiating
biomolecular reactions [11,13–15].
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The time resolution of a rapid mixing instrument is limited by the instrumental dead
time, i.e., the time delay between the onset of mixing and the first reliable instrumental
reading of reaction progress, which in practice is determined empirically by extrapolation
of a first-order reaction back in time [16,17]. Factors contributing to the dead time include
mixing efficiency, which determines the time required to achieve (nearly) complete mixing
of the reactants, flow rate and dead volume between the mixing region and first point of
observation. The venerable stopped-flow technique [18–20], coupled with a wide range
of detection methods, including absorbance, fluorescence emission, fluorescence lifetime,
circular dichroism, light scattering and small-angle X-ray scattering, has long been the main
source of kinetic information and played a central role in elucidating kinetic mechanisms of
chemical reactions, protein folding, protein–protein interaction and enzyme catalysis. Major
strengths of the stopped-flow technique include its versatility, relative sample economy
and wide time window, typically ranging from a few milliseconds to minutes (limited
by diffusion across the mixer and convection artifacts). However, the time delay and
potential artifacts caused by the need to abruptly arrest the flow have made it difficult
to achieve dead times shorter than about 1 ms. These complications can be avoided
by continuously pumping the reactants through the mixer while monitoring reaction
progress along a flow channel downstream from the mixing region [21–23]. More recent
advances in mixer technology and detection methods [8–11,24–30] have resulted in major
improvements in time resolution and sensitivity of continuous-flow instrumentation. By
coupling continuous-flow mixing with a variety of detection methods, including tryptophan
or tyrosine fluorescence, fluorescence resonance energy transfer (FRET), fluorescence life
time, absorbance, circular dichroism, small-angle X-ray scattering and single-molecule
spectroscopy, turbulent mixing devices have yielded a wealth of dynamic and structural
information on early stages of protein folding on the microsecond-to-millisecond time
scale [14,15,31–52].

2. Methods and Results
2.1. Design Criteria for Turbulent Mixers

At the molecular level, complete mixing of fluids is ultimately limited by diffusion.
For example, the diffusion constant of urea used as a denaturant in many protein folding
studies is 1.382 × 10−9 m2/s in water, indicating that the variance in molecular position
after 10 µs of diffusion is 1.382 × 10−2 µm2 = (0.12 µm)2. Thus, mixing of low molecular
weight solutes within 10 µs can be achieved only if the fluid components can be interspersed
to within about 0.1 µm, and rapid mixing on this time scale requires submicron scale flow
profiles. Turbulent flow mixers achieve nearly complete mixing of reactants by relying on
the small fluid eddies generated under highly turbulent flow conditions [23,53]. The size
of eddies is inversely related to the Reynold’s number and is thus a function of flow rate,
viscosity and channel dimensions. Efficient mixing therefore requires high flow velocities,
typically ~10 m/s, for micron scale mixers, and large sample volumes (1–10 mL).

Building on earlier design principles [23], Shastry et al. [8] developed a capillary mixer
consisting of two concentric quartz tubes with a ~100-µm diameter platinum sphere placed
near the exit of the inner capillary (Figure 1A, Mixer 1). To ensure precise positioning of
the sphere, three quartz posts with a 10 µm diameter were fused to the inner surface of
the outer capillary. The highly turbulent and uniform flow field in the wake of the sphere
ensures rapid and complete mixing of the two solutions injected into the inner capillary
and the space between the inner and outer capillaries, respectively. By forcing the solutions
through a narrow (~10 µm) gap around the perimeter of the sphere, the size of eddies
generated downstream is expected to be in the micron-to-submicron size range, resulting in
diffusion-limited mixing times in the 10 to 100 µs range. Consistent with this estimate, the
dead times we measured by using the quenching of tryptophan by N-bromosuccinimide
(NBS) as a test reaction [17] were of the order of 50 µs [8,33], as illustrated in Figure 1A.
Compared to earlier designs, which monitored reaction progress point by point on a
free-flowing jet [9,23], we were able to greatly improve the reproducibility and sensitivity
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of continuous-flow measurements by mounting our capillary mixer on top of a quartz
cuvette with a 0.25 × 0.25 mm2 flow channel and using a CCD-based fluorescence imaging
setup to generate a continuous profile vs. distance downstream from the mixer. However,
construction of these delicate mixers is challenging, and their performance characteristics,
including dead time, backpressure and optical properties, can be quite variable.
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Figure 1. Summary of the mixer design and dead-time calibration of three continuous-flow mixing
devices. Upper panels show schematics of the mixing regions and mixer/flow-cell assemblies for:
(A) Mixer 1, the capillary mixer of Shastry et al. [8], (B) Mixer 2, a simple quartz cross-channel mixing
chip (Translume, Inc., Ann Arbor, MI, USA) and (C) Mixer 3, a customized cross-channel mixing chip
designed for reduced backpressure and expanded observation window (see Figure A1 in Appendix A
for expanded diagram). The lower panels show representative examples of dead-time calibration
using the pseudo-first-order NAT-NBS reaction. Typically, the fluorescent reagent (e.g., protein
or NAT) is injected into central channel (P), and the second component (e.g., buffer, denaturant,
ligand) is injected into the side channels B. The total flow rates in the experiments shown in A,
B and C were 1 mL/s, 0.4 mL/s and 0.7 mL/s, respectively. The fluorescence decay curves are
color-coded according to NBS concentration: purple for 1 mM, red for 2 mM, brown for 4 mM, green
for 8 mM and blue for 16 m. Insets: determination of the second-order rate constant of the NAT-NBS
reaction, based on the linear NBS concentration dependence of observed rate constants (determined
by single-exponential non-linear least-squares fitting; solid lines).

2.2. Design of a Microfabricated Mixer

As a more robust approach to producing mixers, we relied on commercially available
laser edging techniques (Translume, Inc., Ann Arbor, MI, USA) for microfabrication of
channels with submicron tolerance in fused silica (quartz) [54]. Two related mixing chips
based on a cross-channel design are illustrated in panels B and C of Figure 1. The mixers
have three inlet ports and one outlet channel. Reactant P (e.g., unfolded protein) is injected
into the central port, and reactant B (e.g., refolding buffer) is injected into each of the two
side ports. The inlet ports are connected to the mixing chamber via a straight channel
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for the simple cross-mixer (Mixer 2) while a bottleneck-shaped channel for Mixer 3 is
designed to increase the linear velocity of incoming flow to the chamber while keeping
the backpressure low. The downstream observation channel of Mixer 3 has a conical
shape in order to enhance the time resolution at short times after mixing and to extend
the observable time window out to several milliseconds. At the same time, the increase
in average channel width substantially lowers the backpressure for Mixer 3 (10–20 bar
(1–2 Mpa) at flow velocities of 0.7 to 1.0 mL/s) compared to Mixer 2 (30 bar at 0.4 mL/s).
In Figure 1 (lower panels), we compare the performance of these micro-fabricated mixers
with that of our original capillary mixer by using the quenching of N-acetyltryptophan
(NAT) fluorescence by NBS as a test reaction [17]. At a flow velocity of 1 mL/s, the
observable time window of the capillary mixer ranges from the dead time (46 µs under
these conditions) out to tmax ≈ 1 ms. The dead time of the simple cross-mixer (Mixer 2) was
8 ± 2.5 µs and tmax ≈ 1 ms at a flow velocity of 0.4 mL/s. Mixer 3 had a similar dead time
(11.6 ± 0.9 µs) but an extended time window (tmax = 3 ms at 0.7 mL/s). A major advantage
of the microfabricated mixers is reproducibility. Because of the submicron tolerance of
the laser manufacturing process, the two lots of cross-mixers (Mixer 3) we compared
showed virtually identical performance characteristics, confirming that the performance
of microfabricated mixers is far more consistent compared to our previous hand-made
capillary mixers.

2.3. Solution Delivery and Fluorescence Detection

To ensure constant, well-defined flow velocities for two reagents at variable mixing
ratios, we replaced the pneumatic syringe drive used in our initial setup with a set of
motor-driven syringe pumps (CETONI GmbH, Korbussen, Germany). The time axis of
continuous-flow data can be accurately calculated from the known flow velocity and
dimensions of the mixing channel, as detailed below.

To increase the sensitivity of fluorescence detection, we replaced the arc lamp and
monochromator used in our previous setup [8] with a 30 W Q-switched diode-pumped
solid-state laser (5 ns pulse duration, 5 µJ of single pulse energy) operating at 266 nm
(Shanghai Dream Lasers Technology, Ltd., Shanghai, China). This intense and stable
(<5% of power stability over 2 h) UV laser is well suited for excitation of tryptophan and
tyrosine fluorescence in proteins at low concentrations. In earlier continuous-flow fluoresce
experiments using powerful (350–500 W) Hg or Hg-Xe arc lamps for excitation, including
our initial folding experiments on cytochrome c (cyt c) [8,32], we typically worked at protein
concentrations of 20–40 µM (after mixing). Our current laser-based setup now yields data
of comparable quality at protein concentrations as low as 1 µM, as documented below.

In previous laser-based continuous-flow instruments, the laser was focused on the flow
channel and reaction progress was sampled point by point downstream from the mixing
region [9,10,24,25]. Generating a complete kinetic trace using this approach requires dozens
of separate measurements while maintaining continuous-flow conditions for extended
periods of time, consuming large amounts of reagents. In contrast, we used a pair of
Galvano mirrors and a cylindrical mirror to focus the laser onto the flow channel and
control its position (Figure 2). The mirrors are regulated to scan the length of the flow
channel using a triangular wave function, resulting in uniform distribution of light intensity
vs. distance over a 23 mm segment of the channel. As in our original setup (Figure 1A),
a quartz lens (f = 3.5 mm) and 305 nm high-pass interference filter (Semrock, Rochester,
NY, USA) are used to project a magnified image of the flow channel onto a CCD detector
(Figure 2). Thus, in a single continuous-flow experiment typically lasting 10 s (including a
~3 s acceleration time prior to activating the CCD camera), we can record a complete trace
of fluorescence emission vs. time after mixing over the time range from td (~10 µs) to tmax
(~2.5 ms) with an effective time resolution of ~1 µs in the narrow portion of the observation
channel near the mixing region and ~4 µs near the end. We found empirically that a
scanning frequencies of 20 Hz is optimal for achieving stable and uniform fluorescence
excitation. This scan rate is negligibly slow compared to the pulse repetition rate of
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the laser but fast compared to the exposure times of ~10 s typically used in continuous-
flow experiments. Thus, this novel excitation scheme is equivalent to continuous-wave
illumination using a conventional light source but achieves more uniform and intense
fluorescence excitation.
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Figure 2. Optical configuration of our new continuous-flow instrument, using a UV laser in conjunc-
tion with a pair of Galvano mirrors to achieve uniform fluorescence excitation along the flow channel
of the microfluidic mixing chip (Figure 1B,C).

2.4. Data Collection and Analysis

The procedures for data collection and analysis using Mixer 3 are similar to those
described by Shastry et al. [8], except for the calculation of the time axis. Because of the
conical shape of the flow channel of Mixer 3, the reaction time at constant flow rate is no
longer a linear function of the distance from the mixing region. At the flow rates typically
used (0.5–1 mL/s), we estimate Reynolds numbers Re of 2300–4500, corresponding to
moderately to strongly turbulent flow conditions. In this case, wall effects can be neglected,
and the flow velocity profile, v(r), can be approximately described as a 2-dimensional
radial function of the position, r(r, θ), within the widening flow channel of constant depth
(Figure 3):

v(r) =
V

2θ0dr2 r, (1)

where V, θ0, d, r and θ are the volume velocity, opening angle of channel, channel depth and
the magnitude and angle of the pointing vector r, respectively (Figure 3A). Using Cartesian
coordinate system with origin placed at the exit of the mixing region, the reaction time tr at
each point is represented as follows:

tr =
θ0d
V

((x− x0)
2 + y2) =

θ0d
V

(1 + tan2(θ))(x− x0)
2, (2)

where x0 is the position of the virtual vertex of the cone and tan(θ) = y/(x− x0); thus,
−θ0 < θ < θ0. Given the shallow open angle of the channel, tan2(θ) is neglected (~7 × 10−5),
and thus tr is effectively a function of x only. As a result, the position dependence of tr
simplifies to:

tr(x) ≈ d
V

(
wL − w0

2L
x2 + w0x

)
+ ∆t, (3)

where wL and w0 are the channel width at x = L and 0, respectively, and ∆t is the mixing
time. The first term is consistent with the time required to fill the volume between [0, x] at
constant flow rate V.
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Figure 3. Calibration of the time axis of Mixer 3. (A) Schematic of the mixing region and conical
flow channel (not to scale). The central inlet port (P in Figure 1) is on the left. The right exit is the
observation channel. The x-axis is set along the observation channel with the origin on the entrance
of it. x0 is the virtual vertex of the conical observation channel. The exit of the flow channel is
located at x = L. The y-axis is set along the cross-section of the channel. The channel widths at the
entrance (x = 0) and the exit (x = L) of the flow channel are w0 and wL, respectively. (B) Representative
profiles of the NAT-NBS quenching reaction. The positions at x = 0.76 mm, 1.1 mm, 2.0 mm, 3.0 mm,
5.0 mm, 10 mm and 23 mm are shown by the lines in brown, red, orange-yellow, green-cyan and blue,
respectively. (C) The concentration dependence of fluorescence intensity at representative positions.
The data are fitted to Equation (4). (D) The profile of k”t value obtained by curve fitting in panel C.
(E) Dependence of distance x on k”t.
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To confirm the validity of Equation (3) for describing the nonlinear time axis of Mixer
3, we measured the quenching reaction of NAT fluorescence in the presence of excess NBS
(Figure 3B). The kinetics of this pseudo first-order reaction is given by:

f (t, [NBS]) ≈ f0exp(−k′′ [NBS]t), (4)

where f 0 is the initial fluorescence intensity, and k” is the second-order rate constants.
Normally, the time course of reaction is analyzed by fitting to a single-exponential function
at a fixed NBS concentration to obtain the apparent rate constant, k”[NBS]. In contrast,
we evaluate Equation (4) at a fixed time (or a fixed pixel position) and variable NBS
concentration (125 µM to 32 mM) in order to estimate k”t (Figure 3C,D). The k”t values
obtained were a quadratic function of x, as predicted by Equation (3) (Figure 3E), thus
confirming the validity of the underlying approximation. On the basis of the scatter of
the points in panel E, we estimate that the error of the time-axis calibration is 0.3% at the
earliest time points and 4% at long times.

2.5. Optimization of Mixing Conditions

Key considerations in optimizing mixing efficiency and performance are mixing
ratio and flow rate. Higher mixing ratios are desirable for achieving large changes in
solvent conditions but require more concentrated stock solutions, which may be limited
by solubility. First, we used the NAT-NBS reaction to estimate the dead time of Mixer 3 at
constant flow rate (0.7 mL/s) and variable mixing ratios (Figure 4A). The shortest dead time,
12 µs, was obtained when mixing 1 part of solution P (center port) with 10 parts of solution
B (side ports; see Figure 1). Thus, Mixer 3 shows the best performance when reactions are
initiated by a large concentration jump, which was one of our design criteria. Interestingly,
the second-best dead time, 17 µs, was obtained for 1:1 mixing. With respect to flow rate
optimization, higher flow velocities are expected to produce more turbulent flow in the
mixing region, resulting in improved mixing efficiency and shorter dead times, although
this comes at the cost of higher consumption of reagents and a shortened observation
window. However, further increases in flow rate not only lead to a sharp increase in
backpressure but may also give rise to light scattering artifacts due to cavitation, i.e., bubble
formation due to the large pressure drop below the mixing region. By measuring the
NAT-NBS reaction at different flow rates (1:10 mixing ratio), we found that the dead time
of Mixer 3 decreases sharply with increasing flow rate, reaching values of about 20 µs
at 0.7 mL/s to 1.0 mL/s. Under these conditions, we expect turbulent flow, based on
estimated Reynolds numbers (3200 to 4500). At flow rates of 0.7 mL/s and above, the
apparent rate of the NAT-NBS reaction increases linearly with NBS concentration up to
32 mM, as expected for a second-order reaction (Figure 4C). However, at flow rates less
than 0.7 mL/s, the apparent rates at high NBS concentrations fall below those expected for
a second-order reaction, indicating that the observed kinetics is increasingly limited by the
rate of mixing under these sub-optimal flow conditions (Reynolds numbers less than 2400).
In summary, optimal performance of Mixer 3, including dead times of 20 µs or less and a
time window extending out to 2 to 3 ms, is achieved by using a mixing ratio of 1:10 and
flow rates of 0.7 to 1.0 mL/s.
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2.6. Mixing Efficiency

To quantify mixing efficiency, we relied on the quenching of NAT fluorescence by
potassium iodide (Figure 5A). This collisional quenching process is fast compared to the
time scale of mixing, and quenching efficiency is concentration-dependent (90% at 1 mM
potassium iodide). Thus, the normalized decrease in NAT fluorescence upon mixing
with iodide provides a direct measure of mixing efficiency. At a flow rate of 0.8 mL/s,
the fluorescence intensity dropped to 14% of the original value at the first observable
data point after the mixing region, indicating that the mixing efficacy is ~96%. At lower
flow rates (0.6 and 0.4 mL/s), the residual fluorescence was much higher and decayed
more slowly, resulting in substantially longer dead times (≥100 µs). At a flow rate of
1.0 mL/s, the initial fluorescence was slightly higher compared to 0.8 mL/s, most likely
due to the onset of cavitation and concomitant light scattering artifacts. We also performed
mixing efficiency tests in the presence of 8 M urea, which is commonly used in protein
unfolding and refolding experiments (Figure 5B). The iodide quenching profiles obtained
were similar to those in the absence of urea, indicating that high concentrations of urea
do not impair mixing efficiency. This was confirmed by measuring the dead time, using
the NAT-NBS reaction in the presence of 16.2% sucrose with viscosity matching that of
an 8 M urea solution (note that NBS reacts with urea). To mimic conditions of a typical
protein unfolding experiment, an aqueous solution of NAT was mixed with 10-fold excess
of NBS dissolved in 17.9% sucrose, yielding a final concentration of 16.2%. As expected, the
increase in viscosity results in a somewhat longer dead time (27 µs), but mixing efficiency
remains high and mixing artifacts negligible even when mixing solutions of widely differing
density and viscosity (Figure 6).

2.7. Accuracy

To assess the accuracy of the kinetics data obtained by Mixer 3, we measured the
second-order rate, k”, of the NAT-NBS reaction by measuring the observed rate constant
vs. NBS concentration under pseudo-first-order conditions (Figure 1C). The observed k” of
1.2 × 106 M−1 s−1 is in excellent agreement with that measured previously using a capillary
mixer (Figure 1A). Taken together, these test results confirm that our microfluidic mixer
design allows accurate and reliable measurements of rate constants as fast as ~105 s−1.
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Figure 6. Dead-time calibration performed in the presence of sucrose. NBS is dissolved in 17.9%
sucrose, which matches the viscosity of 8.8 M urea (η/η0 = 1.777). The viscosity of sucrose after 1:10
mixing (16.2%, η/η0 = 1.663) matches that of 8 M urea.

3. Applications
3.1. Folding of Cytochrome c

As a first application of our improved continuous-flow setup, we used Mixer 3 to
monitor early stages of folding of cytochrome c (cyt c), which has long served as a test case
for the development of new methodologies [4,5,31,32,55,56]. Horse cyt c is a 104-residue
protein with a covalently attached heme group. The fluorescence of its sole tryptophan
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residue, Trp59, is governed by Förster energy transfer interaction with the heme, resulting
in complete quenching in the folded state [57]. Prior studies using commercial stopped-flow
instruments with a dead time of 1 ms or longer showed that the fluorescence change upon
refolding accounts for at most 15% of the total fluorescence change, indicating that major
conformational changes occur on the sub-millisecond time scale [58]. The development of
a capillary mixing apparatus with a dead time of ~40 µs [8] made it possible to resolve the
entire fluorescence change associated with the refolding of acid-denatured cyt c triggered
by a jump in pH from 2.0 to 4.5, including a major phase with time constant τ1 = 41 µs
accounting for 59% of the amplitude and a second phase with time constant τ2 = 648 µs
accounting for 41% of the amplitude (green trace in Figure 7A; c.f. [32]). When we repeated
this experiment using Mixer 3 (red trace), we also observed a biphasic decay in fluorescence
with identical (within error) time constants (τ1 = 45 µs, τ2 = 605 µs) and similar amplitudes
(A1 = 0.54 and A2 = 0.46). Minor differences in the amplitudes of the kinetic traces obtained
with our new setup (Figure 1C) compared to the previous configuration (Figure 1A) can
be explained by the fact that the ratio of tryptophan vs. tyrosine fluorescence excitation is
lower at the wavelength of the UV laser (266 nm) compared to that used previously (280 nm).
In both cases, a double-exponential fit accurately describes the observed fluorescence decay,
and the extrapolated value at t = 0 is within±5% the fluorescence of the acid-unfolded initial
state, indicating that we are able to resolve the complete time course of folding associated
with changes in intrinsic fluorescence. To document reproducibility, we compared the
kinetic traces obtained in four independent experiments. The mean values and standard
deviations for the corresponding kinetic parameters were as follows: <τ1> = 51 ± 14 µs;
<A1> = 0.55 ± 0.09; <τ2> = 602 ± 51 µs; <A2> = 0.39 ± 0.05.
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Figure 7. (A) Kinetics of refolding of acid-denatured cyt c (pH 2, salt-free) triggered by a jump to pH
4.5 (100 mM sodium acetate) recorded using Mixer 1 (green trace, 280 nm excitation) and Mixer 3
(red trace, 266 nm excitation). (B) Kinetics of refolding of cyt c (same conditions as in panel (A)) at
different protein concentrations, as indicated.

We have previously attributed the fast phase during refolding of cyt c in terms of a
barrier-limited collapse of the polypeptide chain, based on its large amplitude consistent
with a major decrease in average distance between the covalently attached heme and
Trp59, as well as the temperature dependence of its rate constant indicative of a small but
significant activation energy [32,33,59]. In a more recent study, using a microfluidic mixer
to perform quenched H/D exchange measurements on the sub-millisecond time scale, we
found that amide groups in two α-helices in the C-terminal half of cyt c were partially
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protected already during the fast (40 µs) phase, indicating that the initial compaction of
the polypeptide chain involved formation of short-range helix–helix contacts, and is thus
inconsistent with a random polymer collapse [60]. Helical structure in the N-terminal
region begins to appear only during the second (600 µs) folding phase, suggesting that
long-range tertiary contacts are established during the later stages of folding. Mitic et al.
recently used an absorbance-detected continuous-flow mixing setup with a 4 µs dead time
to monitor the kinetics of refolding of acid-denatured cyt c [11]. In addition to two kinetic
phases with time constants similar to those of our two fluorescence-detected phases (83
and 345 µs, respectively), Mitic et al. observed an additional process with a time constant
of 4.7 µs they attribute to binding of the His18 side chain to the initially four-coordinated
heme iron. Because the heme group is covalently linked to the protein via thioester linkages
to Cys 14 and Cys 17, this is a local conformational event not expected to be associated with
a change in Trp59 fluorescence.

In addition to documenting the fact that the kinetic data obtained using Mixer 3 are
fully consistent with those obtained previously using Mixer 1, Figure 7A also indicates a
major improvement in the signal-to-noise ratio (S/N) and data quality. Our new excitation
scheme using a 266 nm UV laser in combination with a set of Galvano mirrors (Figure 2)
resulted in a high-quality kinetic trace with ~2-fold higher S/N on a 4 µM cyt c solution
compared to that measured previously at a fivefold higher protein concentration using a
Hg-Xe arc lamp and monochromator tuned to 280 nm. By repeating these experiments at
several lower cyt c concentrations, we obtained reproducible kinetic traces with acceptable
S/N down to protein concentrations as low as 0.5 µM (Figure 7B). Even though the 266 nm
laser is suboptimal in terms of excitation of tryptophan fluorescence, comparison with the
data obtained previously using 280 nm excitation (green trace in Figure 7A) indicates that
our redesigned optical configuration has resulted in a ~20-fold increase in S/N.

3.2. Binding of a Peptide Ligand to a PDZ Domain

Rapid mixing methods have also played a central role in mechanistic studies of protein–
ligand interactions. If ligand binding is coupled with a change in protein conformation, one
can envision two limiting mechanisms, depending on whether the second-order binding
step precedes the conformational change (“induced fit”) or occurs after formation of a
binding-competent conformation (“conformational selection”). Both scenarios have been
documented for different systems [61,62] or even for the same protein–ligand pair under
different conditions [63,64]. One approach for distinguishing between these mechanisms is
to measure the kinetics of binding as a function of either ligand or protein concentration [62].
The difference in predicted kinetics is especially pronounced at high ligand (or protein)
concentrations where rate constants often exceed 1000 s−1 and thus require instrumentation
for ultra-fast mixing [39]. As an illustrative example, we show in Figure 8 the kinetics
of binding of a cognate peptide ligand to the first PDZ domain of NHERF1/EBP50 [65],
a signaling adaptor at the membrane–cytoskeleton interface comprising a pair of PDZ
domains and a C-terminal ezrin-binding motif. High-affinity binding of the ligand peptides
studied here, CFTR6 (Ac-VQDTRL) and CFTR10 (Ac-TEEEVQDTRL), derived from the
C-terminus of the cystic fibrosis transmembrane conductance regulator (CFTR), is primarily
mediated by interactions of the C-terminal DTRL motif with a deep groove on the surface
the PDZ domain [66].

To follow the time course of binding as a function of peptide concentration, we moni-
tored the ligand-induced change in fluorescence of a tyrosine residue located in a pocket
recognizing the C-terminal leucine of the CFTR peptide (Figure 8A). The rate constants
observed under pseudo-first-order conditions increased sharply with increasing peptide
concentration, reaching a value of 43,000 ± 3000 s−1 (τ = 23 µs) at 3.5 mM (Figure 8B).
The results document the ability of our instrument to resolve changes in inherently weak
tyrosine fluorescence on the 10 µs time scale. Initially, the observed rate constant increases
linearly with peptide concentration but begins to level off somewhat at concentrations
above 1 mM. This behavior is intermediate between the strongly hyperbolic concentration
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dependence reported for PTP-BL PDZ2 and the strictly linear dependence on ligand con-
centration found for PSD-95 PDZ3 [39], indicating that these structurally closely related
protein–ligand pairs experience different degrees of conformational changes and exhibit a
surprising range of kinetic properties.
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scanning scheme for enhanced fluorescence excitation. The instrument features several 
performance characteristics that are critical for routine application to the ultrafast kinetic 
analysis of biomolecular folding and binding reactions. The dead time of 12 µs we meas-
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Figure 8. Binding kinetics of peptides from the C-terminus of CFTR to the first PDZ domain of
NHERF1. (A) Kinetic traces of CFTR10 binding to PDZ1 of NHRF1. (B) Rate constants of the binding
reaction for CFTR10 (blue) and CFTR6 (green). The line represents a hyperbolic fit of the rate constant
vs. ligand concentration.

4. Conclusions

We have described the design and testing of an instrument for continuous-flow fluores-
cence measurements on the microsecond-to-millisecond time scale that combines a highly
efficient microfluidic mixer/flow cell assembly on a quartz chip with a novel laser-scanning
scheme for enhanced fluorescence excitation. The instrument features several performance
characteristics that are critical for routine application to the ultrafast kinetic analysis of
biomolecular folding and binding reactions. The dead time of 12 µs we measured under
optimal flow conditions at low viscosity is at or near the low end of the fluorescence-based
rapid mixing devices reported in the literature. Mixing efficiency remains high even un-
der more viscous conditions, which is essential for studies of denaturant-induced protein
folding or unfolding reactions. Further reductions in mixer and channel dimensions have
been reported to result in somewhat shorter dead times, but this comes at the cost of
major increases in backpressure and sample concentration. In contrast, by combining a
tapered observation channel with a novel Galvano-mirror laser-scanning strategy, our
instrument yields high-quality kinetic traces ranging from tens of microseconds to several
milliseconds on protein concentrations as low as 1 µM. Representative kinetic data on early
events during folding of cytochrome c and binding of a peptide ligand to a PDZ domain
illustrate the power of the method for exploring the dynamics of macromolecular folding
and binding reactions.
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Abstract: Phospholipase is an enzyme that hydrolyzes various phospholipid substrates at specific
ester bonds and plays important roles such as membrane remodeling, as digestive enzymes, and the
regulation of cellular mechanism. Phospholipase proteins are divided into following the four major
groups according to the ester bonds they cleave off: phospholipase A1 (PLA1), phospholipase A2
(PLA2), phospholipase C (PLC), and phospholipase D (PLD). Among the four phospholipase groups,
PLA1 has been less studied than the other phospholipases. Here, we report the first molecular struc-
tures of plant PLA1s: AtDSEL and CaPLA1 derived from Arabidopsis thaliana and Capsicum annuum,
respectively. AtDSEL and CaPLA1 are novel PLA1s in that they form homodimers since PLAs are
generally in the form of a monomer. The dimerization domain at the C-terminal of the AtDSEL
and CaPLA1 makes hydrophobic interactions between each monomer, respectively. The C-terminal
domain is also present in PLA1s of other plants, but not in PLAs of mammals and fungi. An activity
assay of AtDSEL toward various lipid substrates demonstrates that AtDSEL is specialized for the
cleavage of sn-1 acyl chains. This report reveals a new domain that exists only in plant PLA1s and
suggests that the domain is essential for homodimerization.

Keywords: X-ray crystallography; phospholipase A1; homodimer; dimerization domain; catalytic triad;
plant protein

1. Introduction

Phospholipase hydrolyzes phospholipids at specific sites. The phospholipases have
roles as digestive enzymes, for maintaining and remodeling of a membrane, and for
the regulation of cellular mechanisms [1]. The phospholipases are classified into four
groups according to the cleavage site; phospholipase A1 (PLA1) cleaves sn-1 acyl chain,
phospholipase A2 (PLA2) cleaves sn-2 acyl chain, phospholipase C (PLC) cleaves before the
phosphate, and phospholipase D (PLD) cleaves after the phosphate [2]. Therefore, PLA1
and PLA2 are the acylhydrolase family that catalyzes the substrates containing acyl group,
and PLC and PLD belong to phosphodiesterase. Triacylglycerol lipase (TGL), lipoprotein
lipase (LPL), and monoacylglycerol lipase (MGL) belong to PLA because they also cleave
the sn-1 and/or sn-2 acyl chain.

PLA1 (EC 3.1.1.32) is present in many different organisms including mammals, fungi,
insects, bacteria, metazoans, protozoan parasites, venoms, and plants [1,3]. To date, three-
dimensional structures of various PLAs have been elucidated [4–10]. Although these
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lipases have little sequence identity, they show a typical α/β hydrolase scaffold comprising
of a core of seven (or more) β-strands flanked by several α-helices [11]. Other common
structural features of lipases are a GXSXG motif, lid domain, and catalytic triad in the α/β
hydrolase scaffold [12]. The GXSXG motif is composed of catalytic Ser and two residues
before and after the Ser, and the lid domain plays a role for capping the active site; the
catalytic triad consists of His, Asp, and the Ser of the GXSXG motif [13–16].

Plant PLAs have important roles in metabolism and lipid biosynthesis, as well as
applications in food and biotechnology industries [17,18]. In Arabidopsis thaliana, DAD1
(At2g44810) was identified as an sn-1 specific acylhydrolase, and several studies have
suggested that AtDSEL (Arabidopsis thaliana DAD1-like seedling establishment-related
lipase), one of the homologues of DAD1, plays significant roles in the regulation of cellular
processes such as seed germination, tissue growth, and seedling establishment [19,20].
In the early roots of hot pepper (Capsicum annuum), a cDNA encoding PLA1 homolog
(CaPLA1) was identified [21]. CaPLA1 was selectively expressed in young roots of the hot
pepper and hydrolyzed phospholipids at the sn-1 position [21]. CaPLA1 is presumed to be
involved in the development of the roots of hot pepper, considering that the expression of
CaPLA1 rapidly declined after germination [21].

We have determined the three-dimensional structures of AtDSEL and CaPLA1. They
are the first elucidated structures of PLA1 derived from plants. Here, we revealed that these
representative plant PLA1s are different from previously reported PLAs; only the plant
PLA1s have a domain for homodimerization. Hydrophobic residues in the dimerization
domain form a strong dimeric interface. This report broadens our knowledge of PLA by
presenting the plant PLA1 structures with novel features.

2. Results and Discussion
2.1. Structural Features of AtDSEL and CaPLA1

Crystal structures of AtDSEL and CaPLA1 were determined at a resolution of 1.8 Å and
2.4 Å, respectively. There are two AtDSEL molecules in the asymmetric unit (Figure 1A), and
each monomer chain consists of 16 α-helices (labeled α1–α16) and 11 β-strands (labeled
β1–β11) (Figure 1B). AtDSEL shows the typical structure of an α/β hydrolase; core β-
strands (β1–β3 and β6–β9) are flanked by several α-helices (Figure 1B). An additional
two β-strands (β4 and β5) and surrounding α-helices are also common in PLAs; however,
C-terminal α-helices (α14–α16) and β-strands (β10 and β11), colored in blue, are unique
features (Figure 1B). No such C-terminal domain has been found in any PLAs. Furthermore,
the domain appears to be involved in dimerization; the two monomers interact with each
other via the domain (Figure 1A). We used analytical ultracentrifugation (AUC) to confirm
whether AtDSEL in solution is homodimerized or not. The theoretical molecular weight
of dimeric AtDSEL is 95.7 kDa, and calculated molecular weight from the AUC peak is
95.3 kDa, which strongly suggests that AtDSEL forms homodimers in solution (Figure 1C).
In the case of CaPLA1, there are four molecules in the asymmetric unit. Among the four
molecules, two molecules make a homodimer (Figure 1D); the other two molecules make
homodimers with another symmetry mate, respectively. Each monomer of CaPLA1 has
an overall structure similar to that of AtDSEL; α/β hydrolase domain and C-terminal
domain are almost the same as each other (Figure 1B,E). However, two additional β-strands
between α5 and α7 are not found in CaPLA1 (Figure 1B,E), which is attributed to the
disordered residues around the β-strands. The AUC result of CaPLA1 also suggests that
CaPLA1 makes homodimers in solution, considering that the molecular weight of the
theoretical dimeric CaPLA1 and calculated from the AUC peak are 90.4 kDa and 86.0 kDa,
respectively (Figure 1F). Taken together, the homodimerization of AtDSEL and CaPLA1
was demonstrated using AUC, and the C-terminal domain, which is presumed to be present
only in plant PLA1s, seems to be related to the dimerization; the two monomers of AtDSEL
and CaPLA1 interact with each other via the domain (Figure 1A,D).
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domain are colored in red and blue, respectively. (C) Analytical ultracentrifugation (AUC) result of 
AtDSEL. The experiments were performed at following three protein concentrations: 3.0 mg/mL 
(colored in red), 1.5 mg/mL (green), and 0.8 mg/mL (blue). Calculated molecular weight of AtDSEL 
from the AUC peak is 95.3 ± 0.3 kDa, which strongly suggests that AtDSEL forms homodimers in 
solution, considering that the theoretical molecular weight of dimeric AtDSEL is 95.7 kDa. (D) Crys-
tal structure of full-length CaPLA1. CaPLA1 homodimer is shown as a ribbon diagram. (E) Topol-
ogy diagram of CaPLA1 monomer. (F) AUC result of CaPLA1. The experiments were performed at 
following three protein concentrations: 1.1 mg/mL (colored in red), 0.5 mg/mL (green), and 0.3 
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Figure 1. Overall structures of AtDSEL and CaPLA1. (A) Crystal structure of full-length AtDSEL.
AtDSEL homodimer is shown as a ribbon diagram. Each monomer is colored in cyan and orange,
respectively. (B) Topology diagram of AtDSEL monomer. α/β hydrolase domain and C-terminal
domain are colored in red and blue, respectively. (C) Analytical ultracentrifugation (AUC) result of
AtDSEL. The experiments were performed at following three protein concentrations: 3.0 mg/mL
(colored in red), 1.5 mg/mL (green), and 0.8 mg/mL (blue). Calculated molecular weight of AtDSEL
from the AUC peak is 95.3 ± 0.3 kDa, which strongly suggests that AtDSEL forms homodimers in
solution, considering that the theoretical molecular weight of dimeric AtDSEL is 95.7 kDa. (D) Crystal
structure of full-length CaPLA1. CaPLA1 homodimer is shown as a ribbon diagram. (E) Topology
diagram of CaPLA1 monomer. (F) AUC result of CaPLA1. The experiments were performed
at following three protein concentrations: 1.1 mg/mL (colored in red), 0.5 mg/mL (green), and
0.3 mg/mL (blue). Calculated molecular weight of CaPLA1 from the AUC peak is 86.0 ± 2.0 kDa,
which strongly suggests that CaPLA1 forms homodimers in solution, considering that the theoretical
molecular weight of dimeric CaPLA1 is 90.4 kDa.
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2.2. Conserved Motifs and Domains of AtDSEL and CaPLA1

AtDSEL and CaPLA1 are divided into the following two domains: the α/β hydrolase
domain containing the lid domain, GXSXG motif, and catalytic triad and the C-terminal
domain containing the dimerization domain (Figure 2A–D). The α/β hydrolase domains
of AtDSEL and CaPLA1 are composed of 340 and 323 residues, respectively, and the
their C-terminal domains consist of 79 and 74 residues, respectively (Figure 2B,D). Most
PLA structures reported to date have only the α/β hydrolase domain and are composed
of approximately 300 residues [4–6]. They do not make any multimers [4–6]. On the
other hand, mammal PLAs (human LPL and human pancreatic TGL) have another C-
terminal domain in addition to the α/β hydrolase domain; the α/β hydrolase domain is
composed of about 340 residues, and the other C-terminal domain consists of about 130
residues [7–9]. The C-terminal domain of mammals shows a typical β-barrel structure [7–9],
which is totally different from the C-terminal domains of AtDSEL and CaPLA1. Human
MGL is composed of 303 residues and has only the α/β hydrolase domain; however, the
lipase makes homodimers [10]. The two monomers of human MGL makes a dimer with
an up–down orientation [10]. Taken together, PLAs in fungi and venom have only the
α/β hydrolase domain [4–6], and some PLAs in mammals and our plant PLA1s have an
additional C-terminal domain as well as the α/β hydrolase domain [7–9] (Figure 2B,D).
However, the overall structures and functions of the C-terminal domains of the PLAs in
mammals and plants are completely different from each other. The C-terminal domain of
AtDSEL and CaPLA1 is composed of three α-helices and one pair of β-strands (Figure 1B,E),
while the C-terminal domains of PLAs in mammals are composed of 8–12 β-strands making
up the β-barrel structure [7–9]. Moreover, the C-terminal domain of AtDSEL and CaPLA1
is involved in the homodimerization, while the β-barrel of the PLA is related to the
interactions with lipids [7]. On the other hand, human MGL can make homodimers though
the proteins consisting of only the α/β hydrolase domain [10]. Therefore, only the PLAs in
plants have the C-terminal domain for homodimerization.

AtDSEL has two disconnected loops caused by the disordered residues; Arg120 and
Glu121 between β1 and β2 and from Pro159 to Leu160 between β3 and α5 could not
be assigned due to the poor electron density map of the residues (Figures 1B and 2A).
Pro159 and Leu160 belong to the lid domain, which determines the substrate specificities
(Figure 2A,B). CaPLA1 also has two disconnected loops resulting from the disordered
residues; Pro91 and Asp92 between β1 and β2 and from Asp160 to Phe167 between α6
and α7 could not be refined because of the deficient electron density map of the residues
(Figures 1E and 2C). The disordered residues from Asp160 to Phe167 affected the surround-
ing secondary structures; a pair of β-strands (β4 and β5 in the case of AtDSEL) were not
found in CaPLA1 (Figure 1B,E and Figure 2A,C). It has been reported that the length
of the lid domain is involved in the type of substrate that the enzyme can catalyze [3].
AtDSEL and CaPLA1 have a lid domain with the proper length for catalyzing the sn-1 acyl
groups [3] (Figure 2B,D).

The α/β hydrolase domains of AtDSEL and CaPLA1 have a conserved GXSXG motif
(Figure 2A,C). In the AtDSEL, the GXSXG motif consists of the residues from Gly234 to
Gly238, while the motif is composed of the residues from Gly219 to Gly223 in the case of
CaPLA1 (Figure 2B,D). The GXSXG motif is found in various lipases and esterases [22].
The central Ser of the motif functions as a nucleophile [23]. In AtDSEL, the motif exists
between β6 and α9 and has the following sequence: GHSLG (Figures 1B and 2A). The motif
of CaPLA1 is also located in the same position and has the same sequence as in AtDSEL
(Figure 2A,C). It has been reported that the two Gly residues of the GXSXG motif are also
essential for the lipase activity [24]. The lipase activities of MGLs in Arabidopsis thaliana
were completely lost when the researchers applied the following mutagenesis to the lipases:
GXAXG, GXSXS, or SXSXG [24], which demonstrates that Gly to the Ser mutant as well as
Ser to the Ala mutant causes severe deactivation of the lipases.
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phospholipase A1 (PLA1). (C) Three residues (Ser221, Asp285, and His322), which compose the 
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1.8 σ is superimposed to the residues. (D) The construct map of CaPLA1. 

2.3. Interactions between Homodimers of AtDSEL and CaPLA1 
The dimerization domains of the AtDSEL homodimer cross each other and stretch in 

opposite directions (Figure 3a). Met396 and Trp404 of one monomer and Trp388 of the 
other monomer interact with each other (Figure 3b). The hydrophobic interactions are 
main driving force behind the formation of the dimerization of AtDSEL. Interactions be-
tween the monomers occur throughout the loops (Figure 3b). The length from a sulfur 
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Figure 2. Conserved catalytic triad and domains of AtDSEL and CaPLA1. (A) Three residues
(Ser236, Asp302, and His339) that compose the catalytic triad of AtDSEL are shown as a stick model.
2mFO−DFC electron density map at a level of 2.0 σ is superimposed to the residues. Lid domain is
colored in salmon. Pro159 and Leu160 of the lid domain were disordered, causing the disconnected
lid domain in this figure. Conserved GXSXG motif is colored in green, and dimerization domain
is colored in purple. (B) The construct map of AtDSEL. The lid domain and GXSXG motif belong
to α/β hydrolase domain. C-terminal domain containing dimerization domain exists only in plant
phospholipase A1 (PLA1). (C) Three residues (Ser221, Asp285, and His322), which compose the
catalytic triad of CaPLA1, are shown as a stick model. 2mFO−DFC electron density map at a level of
1.8 σ is superimposed to the residues. (D) The construct map of CaPLA1.

The catalytic triad of AtDSEL is Ser236, Asp302, and His339, while that of CaPLA1 is
Ser221, Asp285, and His322 (Figure 2A,C). The lid domain, which is conserved in lipase
proteins, plays the role of capping this active site [25] (Figure 2A,C). All human pancreatic
TGL mutants of the catalytic triad (Ser, Asp, and His) showed no detectable activity or
highly diminished activity [26]. Therefore, the catalytic triad could not be replaced with
other residues.

2.3. Interactions between Homodimers of AtDSEL and CaPLA1

The dimerization domains of the AtDSEL homodimer cross each other and stretch
in opposite directions (Figure 3A). Met396 and Trp404 of one monomer and Trp388 of
the other monomer interact with each other (Figure 3B). The hydrophobic interactions
are main driving force behind the formation of the dimerization of AtDSEL. Interactions
between the monomers occur throughout the loops (Figure 3B). The length from a sulfur
atom of Met396 of one monomer to a sulfur atom of the other Met396 is 23.3 Å (Figure 3B).
The dimerization interface of AtDSEL is extremely long to form robust homodimers. The
dimerization domain of CaPLA1 is similar to that of AtDSEL; however, more residues
are involved in the dimerization (Figure 3C,D). The length from a sulfur atom of one
Met379 to that of the other Met379 is 22.1 Å (Figure 3D). In CaPLA1, His376, Met379, and

205



Molecules 2022, 27, 2317

Trp387 of one monomer and Trp371 and Trp372 of the other monomer make hydrophobic
interactions (Figure 3D). Trp372 and His376 in CaPLA1 are replaced by Arg and Asn in
AtDSEL, respectively (Figure 3E). Therefore, the dimeric interface of CaPLA1 is more robust
than that of AtDSEL (Figure 3B,D).
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Figure 3. Hydrophobic interactions between homodimers of AtDSEL and CaPLA1. (A) AtDSEL
homodimer is shown as a ribbon diagram. Each dimerization domain is colored in blue and pink,
respectively. The rest is colored in wheat. (B) The dimerization domains of AtDSEL are shown as a
ribbon diagram, and each domain is colored in blue and pink, respectively. The side-chains of Trp388,
Met396, and Trp404 are shown as spheres. The side-chains of the residues are shown as a stick model
in the zoomed view, and 2mFO−DFC electron density map at a level of 2.0 σ is superimposed to the
residues. (C) CaPLA1 homodimer is shown as a ribbon diagram. (D) The dimerization domains
of CaPLA1 are shown as a ribbon diagram. The side-chains of Trp371, Trp372, His376, Met379,
and Trp387 are shown as spheres. The side-chains of the residues are shown as a stick model in the
zoomed view, and 2mFO−DFC electron density map at a level of 1.8 σ is superimposed to the residues.
(E) Sequence alignments of plant PLA1s, from Trp388 to C-terminal residue of AtDSEL and Trp371 to
C-terminal residue of CaPLA1, were used for the alignments. In the case of other PLA1s, residues
from the Trp to C-terminal were used for the alignments. The common three residues of AtDSEL
and CaPLA1 involved in the hydrophobic interactions are indicated by black solid pentagrams. The
additional two residues involved in the interactions of CaPLA1 are conserved in some plant PLA1s.
The residues are highlighted in blue.
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The C-terminal residues of AtDSEL, CaPLA1, and 15 PLA1s from various plants are
aligned (Figure 3E). The two Trp residues and one Met of AtDSEL are conserved in the
17 PLA1s, indicating that the dimerization is commonplace in plant PLA1s (Figure 3E).
Among the 17 PLA1s, eight PLA1s containing CaPLA1 have the two consecutive Trp
residues, while the other PLA1s have positively charged residue instead of the second Trp
(Figure 3E). His of CaPLA1 is conserved only in lettuce PLA1; the other PLA1s have Asn
instead of the His, except for pineapple PLA1 (Figure 3E). The 17 PLA1s have a number of
negatively charged residues in the C-terminus (Figure 3E); the reason for this has not yet
been clearly elucidated. Taken together, the sequence alignments of the C-terminal regions
of the plant PLA1s suggest that they would form homodimers.

2.4. Structural Comparison among PLAs

Data from multiple sequence alignments show that the C-terminal regions of AtDSEL
and CaPLA1 are mostly conserved among plant PLA1s (Figure 3E); however, other PLAs
with the C-terminal domain have not yet been reported. A structural comparison was per-
formed to confirm the similarities and differences among PLAs (Figure 4A–C). AtDSEL and
CaPLA1 are superimposed with an r.m.s. deviation of 1.75 Å for all Cα atoms (Figure 4A).
The sequence identity between AtDSEL and CaPLA1 is 52%. The residues comprising
the catalytic triad of each protein completely overlap (Figure 4A). Most of the loops as
well as α-helices and β-strands are superposed (Figure 4A). In addition, the C-terminal
dimerization domains of AtDSEL and CaPLA1 are very well conserved (Figure 4A). Based
on the sequence alignments (Figure 3E), PLA1s of other plants are presumed to also
have the conserved C-terminal dimerization domain. The substrate preference of AtD-
SEL toward various lipid substrates was investigated (Figure 4D). AtDSEL specifically
hydrolyzed the sn-1 acyl chain of 1,3-diacylglycerol (1,3-DAG) and 1-monoacylglycerol
(1-MAG) (Figure 4D), suggesting that AtDSEL is an sn-1 specific lipase, as previously
known [20]. AtDSEL also showed some activity toward 1,2-diacylglycerol (1,2-DAG) and
2-monoacylglycerol (2-MAG) (Figure 4D), which are involved in the sn-2 acyl chain.

AtDSEL and human MGL are superposed with an r.m.s. deviation of 6.13 Å for all
Cα atoms (Figure 4B). The sequence identity of the two proteins is very low at 13%, and
even the secondary structures hardly overlap except for the core β-strands (Figure 4B).
However, the residues making up the catalytic triad of human MGL are also Ser, Asp, and
His, and they are well overlaid between AtDSEL and human MGL (Figure 4B). On the
other hand, the C-terminal dimerization domain of AtDSEL is missing in the human MGL
(Figure 4B). The human MGL forms homodimers in an up–down orientation without any
additional domain, and human LPL forms homodimers in a head-to-tail orientation with
the C-terminal β-barrel domain (Figure 5A,B). Therefore, the dimerization interface of the
human PLAs is totally different from that of AtDSEL and CaPLA1. AtDSEL and fungi TGL
are overlaid with an r.m.s. deviation of 3.93 Å for all Cα atoms (Figure 4C). Although there
is a low sequence identity of 17% between the two proteins, the overall structures of them
are well conserved (Figure 4C). The secondary structures of α-helices and β-strands and
the catalytic triad residues of fungi TGL are highly similar to those of AtDSEL (Figure 4C).
However, fungi TGL also does not have the C-terminal dimerization domain (Figure 4C).

Sequence alignments of PLA1s from various plants and structural comparison based
on the structures of AtDSEL, CaPLA1, and lipases from mammals and fungi reveal that
the C-terminal dimerization domain of AtDSEL and CaPLA1 is unique to plant PLAs.
Thus, we propose that AtDSEL and CaPLA1 are the representative plant PLA1s, which are
distinguished by the C-terminal dimerization domain for homodimerization.
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AtDSEL and MGL from Homo sapiens are colored in cyan and yellow, respectively. (C) Superimpo-
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Figure 4. Structural comparison between AtDSEL and other PLAs, and activity assay of AtDSEL
toward various lipid substrates. (A) Superimposition of AtDSEL and CaPLA1. AtDSEL and CaPLA1
are shown as a ribbon diagram and colored in cyan and orange, respectively. The side-chains of the
catalytic triad are shown as a stick model. The additional C-terminal dimerization domains are indi-
cated by a red dotted square. (B) Superimposition of AtDSEL and MGL from Homo sapiens. AtDSEL
and MGL from Homo sapiens are colored in cyan and yellow, respectively. (C) Superimposition of
AtDSEL and TGL from Thermomyces lanuginosus. AtDSEL and TGL from Thermomyces lanuginosus
are colored in cyan and green, respectively. (D) Lipolytic activity of AtDSEL toward following
substrates: phosphatidylcholine (PC), phosphatidylethanolamine (PE), monogalactosyl diacylglyc-
erol (MGDG), digalactosyl diacylglycerol (DGDG), trilinolein, triolein, 1,2-diacylglycerol (1,2-DAG),
1,3-diacylglycerol (1,3-DAG), 1-monoacylglycerol (1-MAG), 2-monoacylglycerol (2-MAG), triacyl-
glycerol (TAG). The released free fatty acids were measured using a nonesterified fatty acid (NEFA)
colorimetric kit. Mean and standard deviation from three independent experiments are presented.

208



Molecules 2022, 27, 2317Molecules 2022, 27, x FOR PEER REVIEW 9 of 13 
 

 

 
Figure 5. Dimerization interface of human PLAs. (A) Dimeric structure of human MGL. Each mon-
omer of human MGL are colored in cyan and orange, respectively. (B) Dimeric structure of human 
LPL. 

3. Conclusions 
Crystal structures of AtDSEL and CaPLA1, which are the first PLA1 structures de-

rived from plants, reveal the unique features of the plant PLA1s. In addition to the con-
served α/β hydrolase scaffold, GXSXG motif, and catalytic triad, plant PLA1s have an ex-
tended C-terminal domain composed of approximately 70 residues. In AtDSEL and 
CaPLA1, these C-terminal regions form a homodimer. Trp388, Met396, and Trp404 in 
AtDSEL and Trp371, Trp372, His376, Met379, and Trp387 in CaPLA1 play as hydrophobic 
anchors tethering each monomer of the proteins. A data search by BLAST indicates that 
the homologous C-terminal regions of AtDSEL and CaPLA1 are only found in plants. Se-
quence alignments of the C-terminal regions of the plant PLA1s revealed that the two Trp 
residues and one Met, which are the common residues between the C-terminal domains 
of AtDSEL and CaPLA1, are conserved. The homodimerizations of AtDSEL and CaPLA1 
were supported by our AUC experiments. However, it is still unknown as to why the 
plant PLA1s form homodimers. The dimerization domain identified by the structures of 
AtDSEL and CaPLA1 can serve as the structural templates for understanding the plant 
phospholipase function at the molecular level. Furthermore, we found that some plant 
PLA1s have two Trp residues in the C-terminal region, while others have one more Trp 
in the C-terminal region. AtDSEL has two Trp residues and CaPLA1 has three Trp resi-
dues in the C-terminal regions, and all Trp residues in the C-terminal region play an im-
portant role as the hydrophobic anchors. Whether the difference in the number of Trp in 
the C-terminal region can characterize the two types of plant PLA1 dimerization domains 
should be further explained. 

4. Materials and Methods 
4.1. Cloning, Expression, and Purification 

The full-length AtDSEL (Uniprot entry: O49523) and CaPLA1 (Uniprot entry: 
A5YW95) genes were amplified by polymerase chain reaction (PCR), respectively. The 

Figure 5. Dimerization interface of human PLAs. (A) Dimeric structure of human MGL. Each
monomer of human MGL are colored in cyan and orange, respectively. (B) Dimeric structure of
human LPL.

3. Conclusions

Crystal structures of AtDSEL and CaPLA1, which are the first PLA1 structures derived
from plants, reveal the unique features of the plant PLA1s. In addition to the conserved
α/β hydrolase scaffold, GXSXG motif, and catalytic triad, plant PLA1s have an extended
C-terminal domain composed of approximately 70 residues. In AtDSEL and CaPLA1, these
C-terminal regions form a homodimer. Trp388, Met396, and Trp404 in AtDSEL and Trp371,
Trp372, His376, Met379, and Trp387 in CaPLA1 play as hydrophobic anchors tethering
each monomer of the proteins. A data search by BLAST indicates that the homologous
C-terminal regions of AtDSEL and CaPLA1 are only found in plants. Sequence alignments
of the C-terminal regions of the plant PLA1s revealed that the two Trp residues and one
Met, which are the common residues between the C-terminal domains of AtDSEL and
CaPLA1, are conserved. The homodimerizations of AtDSEL and CaPLA1 were supported
by our AUC experiments. However, it is still unknown as to why the plant PLA1s form
homodimers. The dimerization domain identified by the structures of AtDSEL and CaPLA1
can serve as the structural templates for understanding the plant phospholipase function at
the molecular level. Furthermore, we found that some plant PLA1s have two Trp residues
in the C-terminal region, while others have one more Trp in the C-terminal region. AtDSEL
has two Trp residues and CaPLA1 has three Trp residues in the C-terminal regions, and all
Trp residues in the C-terminal region play an important role as the hydrophobic anchors.
Whether the difference in the number of Trp in the C-terminal region can characterize the
two types of plant PLA1 dimerization domains should be further explained.

4. Materials and Methods
4.1. Cloning, Expression, and Purification

The full-length AtDSEL (Uniprot entry: O49523) and CaPLA1 (Uniprot entry: A5YW95)
genes were amplified by polymerase chain reaction (PCR), respectively. The amplified
cDNA fragments were subcloned into the pET21b expression vector (Novagen) with a
fused 6× His tag and TEV cleavage site (ENLYFQG) at the N-terminus. The resulting
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plasmid was transformed into Escherichia coli (E. coli) BL21 (DE3). AtDSEL or CaPLA1
expressing cells were grown in Luria–Bertani (LB) media at 18 ◦C until they reached
an OD600 of 0.7, at which time 0.5 mM isopropyl β-D-thiogalactopyranoside (IPTG) was
added. The cells were cultured for a further 24 h at 18 ◦C, and stored at −80 ◦C after
harvesting by centrifugation. Harvested cells were disrupted by sonication in a lysis buffer
containing 25 mM sodium phosphate (pH 7.0), 100 mM NaCl, 5 mM β-mercaptoethanol,
and protease inhibitor cocktail (Roche). The fusion protein was purified by immobilized
metal affinity chromatography (IMAC) on an Ni-NTA column (Amersham Pharmacia
Biotech) with the lysis buffer containing 500 mM imidazole. The purified protein was
then dialyzed against the lysis buffer (25 mM sodium phosphate (pH 7.0), 100 mM NaCl,
5 mM β-mercaptoethanol). The dialyzed protein was subjected to TEV cleavage for 12 h,
and then purified by IMAC on an Ni-NTA column (Amersham Pharmacia Biotech). The
protein without His tag was eluted with the lysis buffer containing 20 mM imidazole. The
protein containing non-native Gly at the N-terminus after the cleavage was further purified
by size exclusion chromatography (SEC) using a HiLoad™ Superdex™ 200 column (GE
Healthcare) with 20 mM Tris (pH 8.0), 100 mM NaCl, and 2 mM DTT and concentrated to
20 mg/mL for crystallization.

4.2. Crystallization, Data Collection, and Structure Determination

Crystallization screening of sitting drop was carried out with a mosquito® crystalliza-
tion robot (TTP Labtech) using commercial screening kits from Hampton Research (Aliso
Viejo, CA) and Rigaku (Tokyo, Japan). The initial crystals of AtDSEL were observed in
100 mM sodium acetate (pH 4.6), 30% (v/v) MPD, and 20 mM calcium chloride by mixing
equal volumes (each 300 nL) of protein solution (in 20 mM Tris (pH 8.0), 100 mM NaCl, and
2 mM DTT) and mother liquor. The initial crystals of CaPLA1 were observed in 100 mM
HEPES (pH 7.5), 20% (v/v) PEG 8000, 10% (v/v) 2-propanol, and 200 mM ammonium
sulfate by mixing equal volumes of protein solution and mother liquor. The crystals of both
proteins were needle-shaped and approximately 20 µm in size. The crystals were flash-
cooled to 100 K in liquid nitrogen. Diffraction data were collected using an EIGER X 16M
detector on the BL-17A beamline at the Photon Factory (PF), Tsukuba, Japan. The distance
from the detector to the crystal was 210 mm, and a total of 360 images were collected with
oscillation widths of 1◦, exposing the crystal to the beam for 1 s per image. The data were
integrated and scaled using HKL2000 [27]. The diffraction data for AtDSEL and CaPLA1
were collected at a maximum resolution of 1.80 Å and 2.40 Å, respectively. The initial
model of AtDSEL and CaPLA1 was determined by molecular replacement (MR) using our
AtDSEL structure (PDB code: 2YIJ) with the PHENIX software suite [28]. The model was
iteratively refined using COOT and PHENIX [29]. The geometry analysis was performed
during the refinement using PHENIX. The final structural coordinates of AtDSEL and
CaPLA1 were deposited under the following Protein Data Bank (PDB) accession codes:
7X0C and 7X0D, respectively. Data collection and refinement statistics are summarized
in Table 1.

4.3. Analytical Ultracentrifugation (AUC) Experiment

The experiments were conducted at 20 ◦C using an Optima XL-I analytical ultra-
centrifuge (Beckman Coulter, Brea, CA, USA) with an An-50 Ti rotor. For sedimentation
velocity experiments, cells with a standard Epon two-channel centerpiece and sapphire
windows were used. The sample (400 µL) and the reference buffer (420 µL) were loaded
into the cells. The rotor temperature was equilibrated at 20 ◦C in a vacuum chamber for
2 h before the start. The sedimentation velocity experiments for AtDSEL were conducted
at the following three protein concentrations: 3.0 mg/mL, 1.5 mg/mL, and 0.8 mg/mL.
The experiments for CaPLA1 were conducted at the following three protein concentrations:
1.1 mg/mL, 0.5 mg/mL, and 0.3 mg/mL. Changes in the concentration gradient were mon-
itored with a Rayleigh interference optical system at 10 min intervals during sedimentation
at 50 × 103 rpm. The partial specific volume of the protein, solvent density, and solvent vis-

210



Molecules 2022, 27, 2317

cosity were calculated from standard tables using the SEDNTERP software. The resulting
scans were analyzed using the continuous distribution c(s) analysis module in the SEDFIT
software. Sedimentation coefficient increments of 100 were used in the appropriate range
for each sample. The frictional coefficient was allowed to float during fitting. The weighted
average sedimentation coefficient was obtained by integrating the range of sedimentation
coefficients in which the peaks were present. The values of the sedimentation coefficient
were corrected to 20 ◦C in pure water (s20,w). The c(s) distribution was converted into
c(M), which is the molar mass distribution.

Table 1. Summary of data collection and refinement of AtDSEL and CaPLA1.

Protein AtDSEL CaPLA1

PDB Code 7X0C 7X0D

Data collection
Space group P1211 P1211
Cell dimensions

a, b, c (Å) 73.977 95.343 79.278 102.313 59.568 147.319
α, β, γ (◦) 90.000 105.144 90.000 90.000 90.139 90.000

Resolution (Å) 50–1.80 (1.86–1.80) 50–2.40 (2.44–2.40)
Rmerge 0.086 (0.400) 0.119 (0.589)
I/σ (I) 35.29 (4.70) 13.97 (2.79)
Completeness (%) 99.8 (100.0) 96.1 (95.5)
Multiplicity 7.5 (7.5) 3.5 (3.0)
Refinement

Resolution (Å) 33.29–1.80 49.11–2.40
No. reflections 98,085 67,351
Rwork/Rfree 0.1783/0.2117 0.2065/0.2602
No. atoms

Protein 6409 12,431
Water 423 508

B-factors (Å2)
Protein 24.68 26.50
Water 28.83 28.53

R.m.s. deviations
Bond lengths (Å) 0.012 0.002
Bond angles (◦) 1.127 0.545

Ramachandran plot (%)
Favored 98.35 97.29
Allowed 1.65 2.45
Disallowed 0.00 0.26

Values in parentheses are for the highest resolution shell.

4.4. In Vitro Lipase Assay

The in vitro lipase activity was measured as previously described with some mod-
ifications [30]. To examine phospholipase activity of AtDSEL, the recombinant fusion
protein was incubated with 1-palmitoyl-2-14C-palmitoyl-PC (2.22 GBq/mmol; GE Health-
care, Uppsala, Sweden) in 50 mM sodium phosphate buffer (pH 5.8). Lipids were extracted
and separated by thin layer chromatography (TLC) (Silica Gel 60; Merck). Radioactive
products were detected using the Bio-Imaging Analyzer (BAS2500; Fuji Photo Film). To
determine substrate specificity, the MBP-AtDSEL was incubated with 250 µM of vari-
ous lipid substrates having sn-1 or sn-2 acyl chains, including phosphatidylcholine (PC),
phosphatidylethanolamine (PE), monogalactosyl diacylglycerol (MGDG), digalactosyl dia-
cylglycerol (DGDG), trilinolein, triolein, 1,2-diacylglycerol (1,2-DAG), 1,3-diacylglycerol
(1,3-DAG), 1-monoacylglycerol (1-MAG), 2-monoacylglycerol (2-MAG), and triacylglycerol
(TAG) in 200 µL of 50 mM sodium phosphate buffer (pH 7.2) for 30 min at 30 ◦C. The re-
leased free fatty acids were extracted and reacted using the nonesterified fatty acid (NEFA)
colorimetric kit (Wako Pure Chemicals) and measured colorimetrically at 546 nm.
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Abstract: Superfolds are folds commonly observed among evolutionarily unrelated multiple su-
perfamilies of proteins. Since discovering superfolds almost two decades ago, structural rules
distinguishing superfolds from the other ordinary folds have been explored but remained elusive.
Here, we analyzed a typical superfold, the ferredoxin fold, and the fold which reverses the N to C
terminus direction from the ferredoxin fold as a case study to find the rule to distinguish superfolds
from the other folds. Though all the known structural characteristics for superfolds apply to both
the ferredoxin fold and the reverse ferredoxin fold, the reverse fold has been found only in a single
superfamily. The database analyses in the present study revealed the structural preferences of αβ-
and βα-units; the preferences separate two α-helices in the ferredoxin fold, preventing their collision
and stabilizing the fold. In contrast, in the reverse ferredoxin fold, the preferences bring two helices
near each other, inducing structural conflict. The Rosetta folding simulations suggested that the
ferredoxin fold is physically much more realizable than the reverse ferredoxin fold. Therefore, we
propose that minimal structural conflict or minimal frustration among secondary structures is the
rule to distinguish a superfold from ordinary folds. Intriguingly, the database analyses revealed that
a most stringent structural rule in proteins, the right-handedness of the βαβ-unit, is broken in a set of
structures to prevent the frustration, suggesting the proposed rule of minimum frustration among
secondary structural units is comparably strong as the right-handedness rule of the βαβ-unit.

Keywords: protein design; reverse fold; minimum frustration

1. Introduction

A principal goal of protein science is to elucidate the relationship among sequences,
structures, and functions [1,2]. Toward such a goal, remarkable progress has been achieved
in structure prediction from the knowledge of amino-acid sequences [3,4]. Also, in pro-
tein design, which is a reverse problem of structure prediction, elucidation of design
principles [5–7] led to an increasing number of successful examples to find amino-acid
sequences that can fold into the designed structures [5,6,8–12]. Here, for further advancing
the design technology, it is crucial to develop a systematic method to distinguish less des-
ignable structures and highly designable ones into each of which a large number of different
sequences can fold [13]. Investigating the occurrence of structural folds among natural
proteins provides a clue to this problem [14–18]. An ordinary fold appears in only one or a
few superfamilies, but a particular fold is shared by a large number of superfamilies; such
a particular fold was called a superfold [19]. Here, a superfamily is defined as the largest
group of proteins for which common ancestry can be inferred [20]. Superfolds are rare in
the entire fold categories but are robust against mutations, suggesting superfolds represent
highly designable structures. Each superfold corresponds to many different functions, in
sharp contrast to the ordinary folds showing the nearly one-to-one correspondence between
fold and function.
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Since the discovery of superfolds [19], features distinguishing superfolds from the
other ordinary folds have been explored, leading to the several empirical rules that char-
acterize the superfolds, some of which are (1) frequent appearance of super secondary
structures [21], (2) avoidance of mixing parallel and anti-parallel β-sheets [14], (3) infre-
quent jumps between β-strands [16], and (4) high structural symmetry [22]. However,
examples of ordinary folds satisfy the rules from (1) through (4), showing the need for
further rules to distinguish superfolds. The reverse ferredoxin fold is such an example.
The ferredoxin fold, a typical superfold, comprises four β-strands connected in the order
and directions as designated in Figure 1A. The reverse ferredoxin fold reverses the N
to C terminus direction from the ferredoxin fold (Figure 1B). According to the SCOPe
classification [23,24], the ferredoxin fold is found in 62 superfamilies, whereas the reverse
ferredoxin fold is found only in one superfamily. Therefore, the reverse ferredoxin fold
is not a superfold, but both the ferredoxin fold and the reverse ferredoxin fold satisfy the
rules (1) through (4). Other examples show the significant difference between the fold
and the reverse fold in the number of occurrences in the spectrum of families [15]. The
reason for this difference between folds and reverse folds remains elusive; there have been
arguments suggesting physical or functional necessities to avoid the reverse folds [15] and
those suggesting the bias occasionally acquired in evolutionary history [25].
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Figure 1. Topology and occurrence frequency of the ferredoxin fold and the reverse ferredoxin fold.
(A) An example structure (a microcompartment protein, PDB ID: 4QIV) and the topology 4↓1↑3↓2↑ of
the ferredoxin fold. (B) An example structure (the catalytic core of human DNA polymerase kappa,
PDB ID: 1T94) and the topology 1↑4↓2↑3↓ of the reverse ferredoxin fold. (C) Occurrence frequency
of the ferredoxin topology 4↓1↑3↓2↑ and the reverse ferredoxin topology 1↑4↓2↑3↓. (D) Occurrence
frequency of the topology 1↑3↓2↑ + C-term α and the topology 3↓1↑2↓ + N-term α. (E) Occurrence
frequency of the topology 1↑3↓2↑ and the topology 3↓1↑2↓. In (C–E), the dataset of the 99% sequence
identity representatives derived from ECOD was used. Chains are colored from blue (N-terminus)
to red (C-terminus). In the topology diagram, β-strands are represented with arrows and α-helices
are rectangles.

Here, we explored the factor to distinguish superfolds from the ordinary folds by com-
paring the ferredoxin fold and the reverse ferredoxin fold as a case study. By analyzing the
database, we found the structural tendency shown by the αβ-unit and βα-unit, suggesting
that the structure comprises multiple αβ- and βα-units should satisfy a rule to minimize
the conflict between structural tendencies of these units. We show that the ferredoxin
fold satisfies this rule for minimal conflict or frustration, whereas the reverse ferredoxin
fold does not. We also performed the Rosetta folding simulations to test the foldability of
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structures [5]; the test results suggested that the ferredoxin fold is physically much more
realizable than the reverse ferredoxin fold. Thus, we propose that the minimum frustration
rule to consistently satisfy the structural preference of multiple parts of the protein is a rule
to distinguish superfolds from ordinary folds.

2. Results
2.1. Occurrence Frequency of Topologies

Previous analyses showed that the ferredoxin fold is frequently found, whereas the
reverse ferredoxin fold is rare among protein families [17,25]. We confirmed this imbalance
in the most recent version of a semi-manually curated database, ECOD (version 20210511:
develop280), which hierarchically classifies protein domains according to homology, re-
flecting their evolutionary relationship [26]. ECOD has been frequently updated, suited to
estimating the most recent number of homology groups having a topology on which we
focus. The ECOD database classifies homologous protein domains according to categories
of family and homology. The family (F) group consists of evolutionarily related protein
domains with substantial sequence similarity, and the homology (H) group comprises
multiple F-groups having functional and structural similarities. The H-group corresponds
to the superfamily in the other structural databases, SCOP [27] and CATH [28]. The X-group
in ECOD comprises multiple H-groups that share similar features in the structure but lack
a convincing evidence for homology. In this study, we used the 99% sequence identity
representatives in ECOD as the dataset for the analyses.

We detected secondary structures and hydrogen bonds in protein domains recorded
in the dataset using STRIDE [29]. Then, based on the thus found hydrogen-bond pattern
among β-strands, we defined the β-sheet topology as in Ref. [15]; we describe the β-sheet
topology by representing the strand directions with up and down arrows with the se-
quential number from the N- to C-termini (4132, for example). Then, topology T of the
ferredoxin fold is T = 4↓1↑3↓2↑ (Figure 1A) and topology T of the reverse ferredoxin fold
is T = 1↑4↓2↑3↓ (Figure 1B).

We estimated the occurrence frequency OF(T) of a given topology T by summing the
occupation ratio OR(T, i) of protein domains having T in the ith H-group as

OF(T) =
Nhomology

∑
i=1

OR(T, i), (1)

where Nhomology is the total number of H groups in the dataset, and

OR(T, i) =
1

Nfamily(i)

Nfamily(i)

∑
j=1

Ndomain(T, i, j)
Ndomain(i, j)

. (2)

Here, Ndomain(T, i, j) is the number of protein domains having topology T in the jth
F-group, which belongs to the ith H-group in the dataset. Ndomain(i, j) = ∑T Ndomain(T, j)
is the total number of protein domains in the jth F-group, and Nfamily(i) is the number of F-
groups in the ith H-group. Figure 1C shows that the occurrence frequency of the ferredoxin
topology, OF(4↓1↑3↓2↑), is more than 10 times larger than the occurrence frequency of the
reverse ferredoxin topology, OF(1↑4↓2↑3↓), confirming the previously reported ubiquity of
the ferredoxin fold and the rareness of the reverse ferredoxin fold [17,25].

Here, we should note that topology has often been classified with ECOD in terms
of X-groups; for example, an X-group called “alpha-beta plaits” has been regarded as the
group representing the ferredoxin topology. However, we used STRIDE for a more precise
topological classification instead of the X-group classification. Therefore, the OF(T) defined
in Equation (1) does not precisely correlate with the number of H-groups in the X-group.
Tetracycline resistance protein, tetM (PDB ID: 3J25), for example, belongs to the X-group
of alpha-beta plaits, but we did not count tetM as a ferredoxin-topology protein because
STRIDE identifies only two β-strands in tetM. Similarly, surface-layer (S-layer) protein
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(PDB ID: 3CVZ) belongs to the reverse ferredoxin X-group in ECOD, but we did not count
S-layer protein as a protein with the reverse-ferredoxin fold because STRIDE identifies a
topology 1↑5↑4↓2↑3↓ for S-layer protein instead of 1↑4↓2↑3↓. See Supplementary Figure S1
for the structure of tetM and S-layer protein.

We examine the minimal structural units that induce the difference between 4↓1↑3↓2↑
and 1↑4↓2↑3↓. We consider the topology in which the C-terminal strand (β-strand 4) is
deleted from the ferredoxin topology by retaining the α-helix connecting β-strands 4 and
3 in the structure, and write the thus obtained topology as 1↑3↓2↑ + C-term α. We also
consider the topology in which the C-term α is further deleted from 1↑3↓2↑ + C-term α
and write such a topology as 1↑3↓2↑. Similarly, we consider the topology in which the
N-terminal strand (β-strand 1) is deleted from the reverse ferredoxin topology by retaining
the α-helix connecting β-strands 1 and 2 in the structure. Then, we renumber the strands
as 4, 2, 3 → 3, 1, 2, and write the thus-obtained topology as 3↓1↑2↓ + N-term α, which is
the reverse of 1↑3↓2↑ + C-term α. We also consider the topology in which the N-term α is
further deleted from 3↓1↑2↓ + N-term α and write such a topology as 3↓1↑2↓, which is the
reverse of 1↑3↓2↑.

We consider protein domains whose entire (not the partial) structure has the topology
1↑3↓2↑ +C-term α or 3↓1↑2↓ +N-term α, and calculated occurrence frequencies, OF(1↑3↓2↑ +
C-term α) and OF(3↓1↑2↓+N-term α) (Figure 1D). We should note that with the topology of
1↑3↓2↑ + C-term α, the C-term α can lie on either side of the β-sheet plane. However, in the
ferredoxin fold, this helix is always on the same side of the plane as the α-helix of the βαβ-
unit consisting of β-strands 1 and 2; therefore, we here calculated OF(1↑3↓2↑ + C-term α)
for the structures in which the C-term α is on the same side of the plane as the α-helix of
the βαβ-unit. Similarly, we calculated OF(3↓1↑2↓ + N-term α) for structures in which the
N-term α is on the same side of the β-sheet plane as the α-helix of the βαβ-unit consisting
of β-strands 2 and 3. See the Materials and Methods section for the way to judge which side
of the plane the terminal helix lies in a given structure in calculating OFs. Figure 1D shows
that OF(1↑3↓2↑ + C-term α) is significantly larger than OF(3↓1↑2↓ + N-term α), suggesting
that the determining structural factor distinguishing the ferredoxin fold and the reverse
ferredoxin fold exists in the difference between 1↑3↓2↑ + C-term α and 3↓1↑2↓ + N-term α.
The population of the structures with two helices lying on the opposite side of the β-sheet
plane is small in the 1↑3↓2↑ + C-term α topology and in the 3↓1↑2↓ + N-term α topology,
and there is no significant difference between occurrence frequencies of two topologies for
those structures with helices lying on the opposite side of the plane. The large difference
between two topologies only appear for structures in which two helices lie on the same
side of the plane (Supplementary Figures S2 and S3).

Similarly, we calculated occurrence frequencies, OF(1↑3↓2↑) and OF(3↓1↑2↓) (Figure 1E),
showing that OF(3↓1↑2↓) is mildly larger than OF(1↑3↓2↑). These results suggest that the
determinant structural factor that induces the difference between 4↓1↑3↓2↑ and 1↑4↓2↑3↓
is in the difference between 1↑3↓2↑ + C-term α and 3↓1↑2↓ + N-term α. Addition of the
C-term α-helix to 1↑3↓2↑ and addition of the N-term α-helix to 3↓1↑2↓ bring about the dif-
ference in the occurrence frequency between the ferredoxin topology and the reverse
ferredoxin topology. Hereafter, the ferreoxin fold and the 1↑3↓2↑ + C-term α topol-
ogy are referred to collectively as the ferredoxin-type topology, and the reverse ferre-
doxin fold and the 3↓1↑2↓ + N-term α topology are referred to collectively as the reverse
ferredoxin-type topology.

2.2. Conflict between Structural Preferences of αβ- and βα-Units

Because positions of the αβ- and βα-units are different in 1↑3↓2↑ + C-term α and
3↓1↑2↓ + N-term α (Figure 1A,B), analyses on these structural units should give critical
insights on the difference between 1↑3↓2↑ + C-term α and 3↓1↑2↓ + N-term α. For the
structural analyses of these units, we defined the distance x between the plane of the
β-pleats in the strand and the α-helix (Figure 2A). See the Materials and Methods section
for the precise definition of x. We derived the distribution of x by analyzing the dataset
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culled from PDB with constraints of the sequence identity < 30%, the finer resolution than
2.0 Å, and the R-factor < 0.25 [30]. For the statistical analyses, we selected typical αβ- and
βα-units following the criterion of Ref. [31]; we used the structural units satisfying the
conditions that the linker loop between α-helix and β-strand is shorter than five-residue
length and the angle between α-helix and β-strand is less than 60 ◦.
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Figure 2. Absence or presence of the structural conflict between α-helices. (A) Definition of the
distance x between the pleated plane of the β-strand and the α-helix in the αβ-unit (top) and the
βα-unit (bottom). (B) Distribution of x in the αβ-unit (red) and the βα-unit (blue). The distribution
was found in the culled PDB dataset with the parameters of the sequence identity < 30%, the finer
resolution than 2.0 Å, and the R-factor < 0.25. (C) Structural preferences of the the αβ-unit (connected
by a red linker) and the βα-unit (connected by a blue linker) prevent collision between the terminal
helix and the helix in the βαβ structure in the 1↑3↓2↑ + C-term α topology (left), while they induce a
collision in the 3↓1↑2↓ + N-term α topology (right). Blue arrows show the shift of α-helix induced
by the x > 0 preference of the βα-unit. (D) The necessary condition to avoid the collision of two
helices. xβα − xαβ + 4.5 Å > 11Å for the ferredoxin-type topology and xαβ − xβα + 4.5 Å > 11Å for
the reverse ferredoxin-type topology. (E) The realizable area to avoid the collision and the occurrence
frequency of (xβα, xαβ) in the ECOD database. The realizable area satisfying the three conditions; the
necessary condition to avoid the collision, the condition of the frequency > 5% in the xβα distribution,
and the condition of the frequency > 5% in the xαβ distribution; is shown with a green triangle on
the (xβα, xαβ) plane. The occurrence frequency shown with the gray-scale is superposed. Blue and
red curves are distributions in (B).
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Figure 2B shows the distribution of x obtained by the dataset analyses. The distribution
of x in the βα-unit peaked at 2∼4 Å, whereas the distribution of x in the αβ-unit peaked at
∼0 Å, showing a distinct tendency of positive x in the βα-unit. This positive x distribution
implies the tendency of shifting the α-helix toward the direction of blue arrows in Figure 2C.
In the 1↑3↓2↑ + C-term α structure, this shift separates the C-term α-helix from the helix
in the βαβ structure, while in the 3↓1↑2↓ + N-term α structure, the shift induces collision
of the N-term α-helix against the helix in the βαβ structure when two helices are on the
same side of the β-sheet surface. Therefore, the structural conflict arising between two
helices destabilizes the 3↓1↑2↓ + N-term α structure; and hence, destabilizes the reverse
ferredoxin fold.

We can quantitatively assess how the difference in the distribution of the distance
x in Figure 2B determines the absence/presence of the structural conflict. We write x
in the βα-unit and the αβ-unit as xβα and xαβ, respectively. Considering that a typical
distance between two adjacent β-strands in a β-sheet is 4.5 Å [32], the distance between
two helices in the ferredoxin-type topology is xβα − xαβ + 4.5 Å. Similarly, the distance
between two helices in the reverse ferredoxin-type topology is xαβ− xβα + 4.5 Å (Figure 2D).
Because the helix diameter is approximately 11.0 Å [33], the necessary condition to avoid
the collision of two helices is xβα − xαβ + 4.5 Å > 11Å for the ferredoxin-type topology
and xαβ − xβα + 4.5 Å > 11Å for the reverse ferredoxin-type topology. In Figure 2E, the
region satisfying three conditions at the same time is designated by a green triangle on a
two-dimensional plane of xβα and xαβ: (i) the necessary condition to avoid the collision,
(ii) the condition of frequency > 5 % in the frequency distribution of xβα in Figure 2B, and
(iii) the condition of frequency > 5 % in the frequency distribution of xαβ in Figure 2B.
The thus-defined green triangle, i.e., the realizable area to avoid the collision, is extremely
narrow in the reverse ferredoxin-type topology, whereas it is wide in the ferredoxin-type
topology. Figure 2E shows that the occurrence frequency of (xβα, xαβ) in the ECOD database
is large around the green triangle in the ferredoxin-type fold, while the frequency is small
everywhere on the plane of (xβα, xαβ) in the reverse ferredoxin-type fold. Thus, the shift
of 2∼4 Å in distributions in Figure 2B is a determining factor for the realizability of the
structure. In the reverse ferredoxin-type topology, the structures are realized by breaking
at least one of three conditions (i)–(iii). Different ways of breaking the conditions in the
reverse ferredoxin-type topology make the distribution scattered on the (xβα, xαβ) plane in
Figure 2E. Supplementary Figure S4 shows example proteins with the reverse ferredoxin
topology showing uncommon configuration of the βα- or αβ-unit.

We should note that the results shown in Figure 2B,E are the plots for proteins with
loops shorter than five-residue length. The longer loops allow the structural variety
to obscure the realizability conditions in Figure 2B,E. However, the stability of native
structures inversely correlates to the loop length [34,35], making the proteins having the
longer loops rare. See Supplementary Figure S5 for the distribution of the loop length
found in the ECOD database. Here, it is sufficient to consider non-rare proteins with short
enough loops for clarifying how the ferredoxin-type topology is much more realizable than
the reverse ferredoxin-type topology.

2.3. Minimum Frustration Rule

The dataset analyses showed that the structural preference of αβ- and βα-units leads to
the structural conflict in the 3↓1↑2↓+N-term α structure, while the conflict is avoided in the
1↑3↓2↑ + C-term α structure. We examined the effect of presence/absence of the structural
conflict by performing the Rosetta folding simulations. In these simulations, we substituted
all the residues in the model to Valine, and assembled the fragments of one-, three-, or nine-
residue length, which have the compatible main-chain dihedral angles with the secondary
structures in the blueprints designated in Figure 3. We used the all-Valine sequence to
focus on the role of structural consistency among the assembled fragments instead of the
effects of the residue-specific interactions. We regard structures generated through the
simulations as compatible structures when they have low energy and the same topology as

220



Molecules 2022, 27, 3547

the blueprint. For each blueprint, we performed the fragment-assembly simulation 10,000
times and counted how many compatible structures were obtained through simulations.
Koga et al. showed that the topology designated by the blueprint is physically realizable by
avoiding the structural conflict when the number of the obtained compatible structures is
large, while it is physically unrealizable with the structural inconsistency when the number
is small [5]. See the Materials and Methods section for the details of the simulations.

Figure 3A shows the number of structures compatible with the 3↓1↑2↓ + N-term α
topology and the number of structures compatible with the 1↑3↓2↑ + C-term α topology.
The compatible structures were 229 and 10 for the 1↑3↓2↑ + C-term α topology and the
3↓1↑2↓ +N-term α topology, respectively, showing the 1↑3↓2↑ +C-term α topology is much
more realizable than the 3↓1↑2↓ + N-term α topology. We performed the same test for the
1↑3↓2↑ topology and the 3↓1↑2↓ topology. Figure 3B shows that the number of compatible
structures for the 1↑3↓2↑ topology is almost same as the number of compatible structures for
the 3↓1↑2↓ topology, indicating that there is no significant difference between the realizabil-
ity of these topologies. Figure 3A,B are qualitatively same as Figure 1D,E, showing that the
difference in the realizability of the 1↑3↓2↑ + C-term α topology and the 3↓1↑2↓ + N-term α
topology arises from absence/presence of the conflict between local structural units.

Combined analyses of databases and Rosetta folding simulations showed that the
structural conflict or frustration is minimized in the largely realizable topology, which
characterizes the superfold; therefore, we propose that the minimum frustration among
local preferences of secondary structures is the rule to distinguish a superfold from the
ordinary folds.
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Figure 3. The number of simulated structures compatible with the blueprint. We repeated the
Rosetta folding simulations 10,000 times and counted the number of compatible structures generated.
(A) Comparison between the 1↑3↓2↑ + C-term α topology and the 3↓1↑2↓ + N-term α topology. In
simulations, the number of structures in which two helices lie on the same side of the β-sheet surface
was counted. (B) Comparison between the 1↑3↓2↑ topology and the 3↓1↑2↓ topology.

3. Discussion

In this study, we proposed a rule that the minimum frustration among local structural
preferences of secondary structures is the necessary condition for superfolds. In this
section, we discuss the meaning of this rule by explaining how the rule predicts occurrence
frequency of other structures, the relation of the rule with the other design rule, and the
relation with protein function.

3.1. Occurrence Frequency of Other Structures

The present analyses of the ferredoxin fold and the reverse ferredoxin fold showed
that the frequently occurring topology is designed to minimize frustration among multiple
secondary-structure units that lie near each other on the same side the β-sheet plane.
We can examine whether this rule predicts the occurrence frequency of other structures
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in the dataset. Figure 4A–D are four examples of pairs of topologies; in each pair, one
is the topology minimizing frustration, and the other is its reverse topology exhibiting
frustration. We should note that pairs in Figure 4B–D have the same arrangement of β-
strands but have different connections of terminal α-helices showing different topologies.
Our rule of minimum frustration predicts that the topology shown on the left side in each
pair in Figure 4 is more realizable than the topology on the right side. We counted the
occurrence frequency of these topologies in the dataset and found a significant difference as
expected. In particular, we found the zero occurrence frequency of the frustrated topology
in Figure 4D. The absence of this topology is reasonable because the frustrated topology
of Figure 4D has two positions of structural collisions between helices, whereas the other
frustrated topologies in Figure 4A–C show only a single collision in each. These results
support our proposal that the minimum frustration among secondary structures is the
requirement for the frequently occurring topologies; therefore, the necessary condition for
the superfolds.

oc
cu

rr
en

ce
 f
re

qu
en

cy

αα

0.0

0.5

1.0

1.5

2.0

2.5

αα
1 2 4 3 
+N-term
+C-term

↓ ↓ ↓ ↓ 4 3 1 2
+N-term
+C-term

↓ ↓ ↓ ↓

αα

0.0

0.5

1.0

1.5

2.0

2.5

0

1

2

3

4

5

1 2 4 3 
+N-term
↓ ↓ ↓ ↓ 4 3 1 2

+C-term
↓ ↓ ↓ ↓

αα
1 2 4 3 
+C-term
↓ ↓ ↓ ↓ 4 3 1 2

+N-term
↓ ↓ ↓ ↓

0

2

4

6

8

10

3 2 1
+N-term
↓ ↓ ↓ 1 2 3

+C-term
↓ ↓ ↓

α α

A B

C D

oc
cu

rr
en

ce
 f
re

qu
en

cy

oc
cu

rr
en

ce
 f
re

qu
en

cy

oc
cu

rr
en

ce
 f
re

qu
en

cy

Figure 4. Comparisons of occurrence frequency between topologies minimizing frustration
and their reverse topologies exhibiting frustration. (A) 3↓2↓1↑ + N-term α and 1↑2↑3↓ +
C-term α, (B) 1↓2↑4↓3↑ + N-term α and 4↑3↓1↑2↓+C-term α, (C) 1↓2↑4↓3↑+C-term α and 4↑3↓1↑2↓+
N-term α, and (D) 1↓2↑4↓3↑+N-term α+C-term α and 4↑3↓1↑2↓+N-term α+C-term α. The dataset
was the 99% sequence identity representatives derived from the ECOD database.

3.2. The Left-Handed βαβ-Unit Is Selectively Found in the 3↓1↑2↓ + N-termα Structures

We showed that the collision between two helices arising from the structural preference
of nearby αβ- and βα-units decreases the occurrence frequency of the 3↓1↑2↓ + N-term α
topology. However, this collision disappears when the two helices lie on the opposite
side of the β-sheet surface. Such configurations are possible in two different ways. One
is the configuration that the βαβ-unit consisting of β-strands 2 and 3 is right-handed and
the terminal helix is on the opposite side; we have a small number of such examples in
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the dataset as shown in Supplementary Figure S3. The other is the configuration that the
βαβ-unit is left-handed with the terminal helix in the position similar to that in the reverse
ferredoxin fold. Here, we cannot expect the frequent occurrence of the latter structure
because more than 98% of the known βαβ-unit structures are right-handed [14,36–38].
Indeed, in our dataset derived from ECOD, there is no left-handed βαβ-unit in protein
domains with the 1↑3↓2↑ + C-term α or the 3↓1↑2↓ + N-term α topology.

However, in the dataset, we found a small number of left-handed βαβ-units in protein
domains having the extended structures including 1↑3↓2↑ +C-term α or 3↓1↑2↓ +N-term α
as a partial structure (Figure 5B,C). See the Materials and Methods section for the method
to detect the left-handed βαβ-unit in the dataset. Figure 5A shows occurrence frequencies
of domains in the dataset having more than four β-strands and include the 1↑3↓2↑ +
C-term α or the 3↓1↑2↓ + N-term α topology as their partial structure. For these extended
domains, we counted occurrence frequencies separately for those having a left-handed βαβ-
unit, OF(Extended-1↑3↓2↑ + C-term α; Left) and OF(Extended-3↓1↑2↓ + N-term α; Left),
and for those having the right-handed βαβ-unit, OF(Extended-1↑3↓2↑ + C-term α; Right)
and OF(Extended-3↓1↑2↓ + N-term α; Right). We found OF(Extended-1↑3↓2↑+C-term α;
Right) = 73.8, OF(Extended-1↑3↓2↑+C-term α; Left) = 0.5, OF(Extended-3↓1↑2↓+N-term α;
Right) = 16.0, and OF(Extended-3↓1↑2↓+N-term α; Left) = 2.5, leading to the ratios,

OF(Extended-1↑3↓2↑ + C-term α; Left)
OF(Extended-1↑3↓2↑ + C-term α; Right)

≈ 0.0068,

OF(Extended-3↓1↑2↓ + N-term α; Left)
OF(Extended-3↓1↑2↓ + N-term α; Right)

≈ 0.156, (3)

suggesting that some mechanism exists for enhancing the occurrence of the left-handed
βαβ-unit in the 3↓1↑2↓ +N-term α structure. A plausible explanation is that the left-handed
βαβ-unit was chosen in these domains to avoid the collision between two helices lying on
the same side of the β-sheet in the Extended-3↓1↑2↓+N-term α structures. This mechanism
suggests that the rule for minimizing frustration between the structural preferences of
secondary structures lying nearby on the same side of the β-sheet is comparably strong as
the rule of the right-handedness of the βαβ-unit.
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The occurrence frequency of the extended 3↓1↑2↓ + N-term α structure is 18.5 among which the
occurrence frequency of structures having the left-handed βαβ-unit is 2.5 (green). (B,C) Examples
of the extended 3↓1↑2↓ + N-term α domains having the left-handed βαβ-unit. (B) PDB ID: 2CVE.
(C) PDB ID: 1RLH.

3.3. Frustration and Function

A remaining critical question is the reason for the existence of protein domains having
the reverse ferredoxin topology. Because proteins have evolved not for their stability but
their functions, a possible explanation is that frustrated structures are necessary for their
functions. Roles of frustration in functions have been discussed with theoretical methods by
inferring the local degree of frustration using the coarse-grained energy function of protein
conformation [39]. By computationally perturbing the sequence or configuration of a local part
of the protein, the local part was regarded as less frustrated when most of the perturbations
increase the calculated free energy significantly, while the local part was regarded as frustrated
when the free energy change upon perturbations is insignificant [40]. It was shown that the
local frustration can guide thermal motions [41] and specific associations [42], suggesting the
positive role of frustration in protein functioning.

In this study, we proposed a new definition of frustration as the conflict between
structural preferences of local parts of the protein. This definition of frustration should
shed further light on the role of frustration. The frustrating interaction between helices in
the reverse ferredoxin fold destabilizes the structure. This tendency may be compensated
for by a specific residue design to stabilize the fold, or the protein may utilize the tendency
to enhance the fluctuation and facilitate the structural change, which is needed for its
functioning. An example shown in Figure 1B was the catalytic core of human DNA
polymerase kappa. Because the sizeable structural change is necessary for activating a
molecular motor motion of DNA polymerase, we can expect that the frustration in this
structure helps function DNA polymerase.

The definition of frustration introduced in this study, the structural conflict among the
local parts’ structural preferences, provides a new perspective to the frustration-function
relationship. In particular, the hypothesis proposed in this subsection suggests an intriguing
possibility that the designed incorporation of frustration in the structure helps design the
protein whose function is related to mobility with the significant structural change. To test
this hypothesis, the dynamics and stability of the frustrated proteins and the specific design
of sequences to fold the frustrated structures should be examined with further direct and
systematic methods.

4. Materials and Methods
4.1. Detecting the Position of the C/N Terminal α-Helix

We explain in Figure 6 the method to judge on which side of the β-sheet plane the C
or N-terminal α-helix lies in protein domains. We defined three vectors, a, b, and c in the
1↑3↓2↑ + C-term α (Figure 6A) and 3↓1↑2↓ + N-term α (Figure 6B) structures. The terminal
α-helix is on the upper side of the β-sheet plane of Figure 6 if (a× b) · c > 0 and the helix
is on the lower side of the plane if (a× b) · c < 0.
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a

bc

a

b

A B

c

a b× a b×

β1 β3 β2 β3 β1 β2

Figure 6. The method to judge on which side of the β-sheet the C or N-terminal α-helix lies. We
defined three vectors, a, b, and c. The helix lies on the upper side of the β-sheet plane if (a× b) · c > 0
and the helix lies on the lower side of the plane if (a× b) · c < 0. (A) In the 1↑3↓2↑ + C-term α

structure, the vector a is a vector extending from the Cα atom of the C-terminal residue of the β-
strand 3 (yellow arrow) to the Cα atom of the N-terminal residue of the β-strand 2 (green arrow).
The vector b is a vector extending from the Cα atom of the C-terminal residue of the β-strand 3 to
the Cα atom of the second residue before the C-terminal residue of the β-strand 3. The vector c is
a vector extending from the Cα atom of the C-terminal residue of the β-strand 3 to the center of
mass (green dot) of Cα atoms of four N-terminal residues of the α-helix (orange cylinder). (B) In the
3↓1↑2↓ + N-term α structure, the vector a is a vector extending from the Cα atom of the N-terminal
residue of the β-strand 1 (green arrow) to the Cα atom of the C-terminal residue of the β-strand 2
(yellow arrow). The vector b is a vector extending from the Cα atom of the N-terminal residue of
the β-strand 1 to the Cα atom of the second residue after the N-terminal residue of the β-strand 1.
The vector c is a vector extending from the Cα atom of the N-terminal residue of the β-strand 1 to the
center of mass (green dot) of Cα atoms of four C-terminal residues of the α-helix (blue cylinder).

4.2. Definition of the Distance x between the Plane of β-Pleats and the α-Helix in the αβ- or
βα-Unit

We measured the distance x between the plane of β-pleats and the α-helix in the αβ-
and βα-units by introducing a xyz-coordinate system in each unit (Figure 7). For defining
the coordinate system, we set the direction of the y-axis parallel to the β-strand axis, and set
the y-z plane parallel to the plane defined by the terminal three Cα atoms of the β-strand.
We set the direction of the z-axis so as to place the helix on the z > 0 side. This idea of the
coordinate system can be described in a precise way by defining the basis vectors, −→ex , −→ey ,
and −→ez , of the xyz-coordinate system with −→ez being −→ez = −→ex ×−→ey .

We defined −→ex and −→ey as in the following way. Let i be the number of the terminal
residue of the β-strand (the C-terminal residue in the βα-unit and the N-terminal residue
in the αβ-unit) and Cαi be the position of the ith Cα atom. We defined −→ex by categorizing
the βα- or αβ-unit into two types, the parallel and antiparallel unit (Figure 7A,B). Then, we
defined −→ex as a normalized vector having the direction, which places both the starting and
ending points of the α-helix on the coordinate of x > 0;

−→ex ‖





−−−−−−−→
Cαi−2Cαi−1 ×

−−−−−→
Cαi−1Cαi (parallel βα-unit),−−−−−→

CαiCαi−1 ×
−−−−−−−→
Cαi−1Cαi−2 (antiparallel βα-unit),−−−−−→

CαiCαi+1 ×
−−−−−−−→
Cαi+1Cαi+2 (parallel αβ-unit),−−−−−−−→

Cαi+2Cαi+1 ×
−−−−−→
Cαi+1Cαi (antiparallel αβ-unit),

(4)

and −→ey is a normalized vector, whose direction is

−→ey ‖
{ −−−−−→

Cαi−2Cαi (βα-unit),−−−−−→
Cαi+2Cαi (αβ-unit).

(5)
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Figure 7. The xyz-coordinate system to define the distance x between the plane of β-pleats and the
α-helix. (A) The βα-unit and (B) the αβ-unit. These units consist of a β-strand (cyan arrow) and an
α-helix (orange rectangle). Top panels represent the rough sketch of the coordinate system. Middle
and bottom panels show Cα atoms (black dots), Cβ atoms (cyan dots), a vector spanning from the Cα

to the Cβ of the terminal residue of the β-strand (i.e., the residue in the strand nearest to the helix) in
each unit (red arrow), and a vector spanning from the Cα of the terminal residue of the β-strand to
the center of mass of terminal four residues of the α-helix (i.e., four residues in the helix nearest to the
strand) in each unit. Unit is referred to as “parallel” when the inner product of red and blue arrows is
positive, and as “antiparallel” when the inner product is negative.

4.3. Rosetta Folding Simulations

We performed the Rosetta folding simulations to test the realizability of the blueprint
structures. Here, Rosetta is a software suite that includes algorithms for macromolecular
modeling, docking, protein design, etc [43]. Among the many algorithms included in the
Rosetta software, we used the Rosetta BluePrintBDR protocol [43] for folding simulations.
With this protocol, we performed the folding simulations by assembling one, three, or
nine-residue length fragments so as to make the assembled structure compatible with a
“blueprint”, which describes the length of the secondary structure elements, strand pairings,
and backbone torsion ranges for each residue. In thsese simulations, the main chain was
represented by N, NH, Cα, C, and CO, and the side chain was represented by a sphere
using the centroid model of Rosetta. We used the simulated annealing method to search for
low-energy structures, and recorded the last structure of each simulated annealing run as a
compatible structure only when the structure met the conditions specified in the blueprint.

As in models of Ref. [44], we represented all the residues as Valine, and used the same
energy parameters as in Ref. [44]. The use of the poly-Valine sequence is because our
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purpose is to determine whether the phenomena observed in the database are explained
by backbone properties rather than by the sequence-specific properties. Valine is the
smallest and strongest hydrophobic amino acid, which suits this purpose, as shown in
Ref. [5]. Figure 8 shows the blueprints we used in the BluePrintBDR protocol. In these
blueprints, we used the same length of secondary structures and loops as optimized in
Ref. [44]. The purpose of the present Rosetta simulations is to analyze the statistical
tendency among different topologies. Because loops in each topology are shorter than
five-residue length in most folds, and their distribution is peaked at around the two- to
three-residue length (Figure S5), it is sufficient to use the short loops in the blueprints. Here,
for the computational efficiency, we restricted ourselves to the loops with two- to three
residue length for βα- and αβ-loops. For β-hairpin loops, we assumed that loop consists
of two, four, or five residues in the blueprints because the two or five-residue length is
necessary for keeping the chirality rule of the hairpin loop [5] (Figure 8).

In the folding simulations, we did not impose the ABEGO constraint on the loop
regions, but we imposed the constraint on the secondary structure regions by making the
dihedral angles of the main chain in these regions fall into the ABEGO classes compatible
with the secondary structures designated by the bluprint. Here, the ABEGO classification
is a coarse-grained representation of the dihedral angles, specifying the regions in a Ra-
machandran plot with the alphabetic symbols: A, B, E, G, and O denote the right-handed
α-helix region, right-handed β-strand region, left-handed β-strand region, left-handed helix
region, and the cis peptide conformation, respectively [45].
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14 residues
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2 or 3 
residues

5 residues

14 residues

14 residues

5 residues

14 residues

5 residues
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A B

C D
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2,4 or 5 
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residues

2 or 3 
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Figure 8. Blueprints used in the Rosetta folding simulations. The blueprints are represented by β-
strands (arrows), α-helices (rectangles), and loops (curved lines). Blueprints of (A) the 1↑3↓2↑+C-term α

topology, (B) the 3↓1↑2↓ +N-term α topology, (C) the 1↑3↓2↑ topology, and (D) the 3↓1↑2↓ topology.

4.4. Score to Detect the Left-Handed βαβ-Unit

We detected protein domains having the left-handed βαβ-unit by calculating the score
of the left-handedness (L-score) . Here, for defining the L-score, we consider a βαβ-unit
exemplified in Figure 9A. We refer to the N-terminal β-strand in the βαβ-unit as β1, and
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the C-terminal β-strand as β2. We should note that the following L-score is applicable to
evaluating the left-handedness of structures in which β1 and β2 are not connected directly
to each other by hydrogen bonds, but multiple β-strands intervene between β1 and β2. We
write the residue length of β1, β2, and the linker part connecting β1 and β2 as n, m, and
l, respectively. We label the residues in those parts as (N1, N2, · · · , Nn), (C1, C2, · · · , Cm),
and (L1, L2, · · · , Ll).

We define the residue number Cmax(Ni, Ni+1) so as to maximize the peak angle in
Figure 9B when the residues Ni and Ni+1 are given. Similarly, we define the residue number
Nmax(Cj, Cj+1) to maximize the peak angle;

Cmax(Ni, Ni+1) = arg max
Cj

[
∠CαNi CαCj CαNi+1

]
,

Nmax(Cj, Cj+1) = arg max
Ni

[
∠CαCj CαNi CαCj+1

]
. (6)

Then, using the Heaviside function, H[x] = 1 for x > 0 and H[x] = 0 for x ≤ 0, the
L-score is defined as

L-score =
1

[(n− 1) + (m− 1)] · l
l

∑
k=1

[
n−1

∑
i=1

H
[(−−−−−−−→

CαNi CαNi+1 ×
−−−−−−−−−−−−→
CαNi CαCmax(Ni ,Ni+1)

)
· −−−−−−→CαNi CαLk

]

+
m−1

∑
j=1

H
[(−−−−−−−→

CαCj+1 CαCj ×
−−−−−−−−−−−−→
CαCj CαNmax(Cj ,Cj+1)

)
· −−−−−→CαCj CαLk

]]
. (7)

The L-score ranges from 0 to 1 (Figure 9C). The higher the score, the more left-handed
the βαβ-unit becomes. We judged the unit is left-handed when L-score ≥ 0.6.

!!"# "$,"$%&N$

N$%&

L'

!!

!"

N!

N"
L!

L#C!

C$

N% N%&! N%&'N%(!

C) C)&! C)&'C)(!C)(' =

𝐶!"# 𝑁$,𝑁$%&

A B

C

𝛽%
𝛽&

Figure 9. Calculation of the left-handedness score, L-score. (A) An example left-handed βαβ-unit. The
cartoon representation and the backbone representation of the main chain are superposed. Cα atoms
are drawn with spheres in the backbone representation. The first and the last residue numbers of β1,
β2, and the linker part are labeled on the chain. (B) Determination of Cmax(Ni, Ni+1). (C) Calculation
of a term in L-score. The vector connecting CαNi CαNi+1 , the one connecting CαNi CαCmax(Ni ,Ni+1), and
the one connecting CαNi CαLk in Equation (7) are drawn with gray arrows and the vector product of
the first two vectors are drawn with a dashed arrow. The calculated score of this example βαβ-unit is
L-score = 0.86.
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Abstract: Sequence–structure alignment for protein sequences is an important task for the template-
based modeling of 3D structures of proteins. Building a reliable sequence–structure alignment
is a challenging problem, especially for remote homologue target proteins. We built a method
of sequence–structure alignment called CRFalign, which improves upon a base alignment model
based on HMM-HMM comparison by employing pairwise conditional random fields in combination
with nonlinear scoring functions of structural and sequence features. Nonlinear scoring part is
implemented by a set of gradient boosted regression trees. In addition to sequence profile features,
various position-dependent structural features are employed including secondary structures and
solvent accessibilities. Training is performed on reference alignments at superfamily levels or twilight
zone chosen from the SABmark benchmark set. We found that CRFalign method produces relative
improvement in terms of average alignment accuracies for validation sets of SABmark benchmark.
We also tested CRFalign on 51 sequence–structure pairs involving 15 FM target domains of CASP14,
where we could see that CRFalign leads to an improvement in average modeling accuracies in these
hard targets (TM-CRFalign ' 42.94%) compared with that of HHalign (TM-HHalign ' 39.05%) and
also that of MRFalign (TM-MRFalign ' 36.93%). CRFalign was incorporated to our template search
framework called CRFpred and was tested for a random target set of 300 target proteins consisting of
Easy, Medium and Hard sets which showed a reasonable template search performance.

Keywords: protein structure prediction; sequence-structure alignment; template-based modeling;
conditional random fields; boosted regression trees; CASP

1. Introduction

Comparing a protein sequence with another sequence or a sequence with a known
protein structure is one of the important tasks in bioinformatics, especially in the template-
based 3D structure modeling of proteins. In spite of striking new developments in recent
years (such as Alphafold [1,2]) on 3D protein structure modeling based on contact predic-
tions via deep learning, the sequence–structure alignment method can be still useful in
various stages of protein structure modeling.

In traditional template-based modeling (TBM), the model qualities are highly de-
pendent on finding the best templates and good alignments between the target sequence
and the templates. When multiple templates are given, multiple alignments between the
sequence and templates [3–6] are utilized. However, multiple alignment is strongly depen-
dent on the alignment accuracies of pair-wise sequence–sequence or sequence–structure
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alignments. Improving pairwise sequence–structure alignment is also important for finding
better templates for protein structure modeling.

Various kinds of profile comparison methods have been developed to improve the
alignment quality between sequences. For example, there are several score functions avail-
able for calculating the match scores between profiles, such as the dot product score [7], the
Jensen–Shannon divergence score [8], the log average score [9] and the Pearson’s correlation
score [10]. SparksX [11] builds on previous profile–profile (comparison) alignment methods
of SP (SP1, SP2, SP3, SP4, SP5) series [12–15] by incorporating additional features incremen-
tally, such as secondary structures and solvent accessibility with a linear combination. The
HHpred [16], on the other hand, is based on a comparison of HMM profiles [16,17]. We note
here that HHpred was not developed specifically to improve the alignment quality itself
but rather mainly for efficient template search even though here in this work we compare
our alignment method against HHalign in terms of modeling accuracies. More recently,
more discriminative methods of conditional random fields have been applied to pairwise
alignment and fold recognition. These include Contralign [18], BoostThreader [19,20] and
MRFalign [21]. BoostThreader, in particular, employs a nonlinear scoring function by
means of regression trees or neural networks. Recently machine learning methods based on
nearest neighbor search was also applied to pairwise alignment of proteins [22]. Among
these methods, the HHalign method of the HHpred has been consistently successful with
particularly fast performance.

In this work, we built a method for pairwise alignment between a sequence and a struc-
ture that combines an HMM-HMM comparison scoring scheme (HHalign, HHblits [23]) and
an additional nonlinear scoring function based on pairwise conditional random fields with
boosted regression trees [24]. We incorporate boosted regression trees at each stage of the
training steps with various features including profile–profile similarity, secondary structure
similarity, similarity of the solvent accessibility, as well as environmental features. These
nonlinear scoring functions are expected to provide complicated relationships between
neighboring features for propensities of match states or gaps. Boosted regression trees in
our CRFalign alignment models are trained on a few sets of pairwise alignments selected
from SABmark benchmark set [25]. Here in this work, our main focus is on improving the
sequence–structure pairwise alignment in terms of the structure modeling accuracies that
entails from those alignments. As for the important area of template search [26] based on
the present alignment method, we will briefly discuss our test template search results on a
set of 300 targets by incorporating CRFalign into our fold recognition framework called
CRFpred [27].

One distinctive feature of CRFalign is that it combines (in an additive way) HMM-
HMM comparison scores and additional nonlinear scoring scheme implemented in multiple
steps of boosted regression trees. That is, the additional nonlinear scoring part is constructed
by a sum of residual training steps. Therefore, we expect that the HMM-HMM comparison
scores guarantee a reasonable baseline performance and the additional nonlinear scoring
part learns the mismatch between the true structural alignment and incorrect alignment
(induced from the incorrect HMM profiles) so that it learns better how to align the sequence
and structure when the HMM-HMM scores are not reliable enough. These residual learning
incorporates comparison of several predicted structural features of the target sequence and
the true structural features of the templates including secondary structures and solvent
accessibilities such that complex relationships between environmental features can be
obtained. These features can be contrasted with MRFalign [21] or ExMachina method [22]
which admit only sequence profiles as input. Hence, CRFalign is expected to be relatively
effective for hard targets for which close sequence homologues are not available.

We find that improvement of alignment accuracy can be achieved, especially for
pairwise alignments between protein sequence and structures with remote homologues.
We evaluated the alignment quality of CRFalign by modeling the 3D structures via Modeller
for different test sets from SABmark benchmark database and some CASP targets [28,29].
Here, we found that the TM scores and RMSD scores of modeled structures from CRFalign

232



Molecules 2022, 27, 3711

showed improvement over those from base model alignments especially for the case of hard
targets. The performance test of CRFalign on 51 sequence–structure pairs involving 15 hard
target domains of CASP14 and CRFalign resulted in average modeling accuracies of TM-
CRFalign ' 42.94% compared with that of HHalign, which shows TM-HHalign ' 39.05%
and also with that of MRFalign showing TM-MRFalign ' 36.93%. As mentioned above,
we also performed a test of template search using CRFalign method on a set of 300 targets,
which showed a reasonable performance.

2. Materials and Methods

Here, we present the formalism of conditional random fields as applied to pairwise
sequence–structure alignment of proteins [19]. For a given pair of protein sequences s
(which we denote, in this work, as the sequence for the known structure) and t (which
we denote as the sequence for the target with unknown structure), an arbitrary alignment
between the structural sequence s and the target sequence t can be represented as a sequence
of match (M), insertion (I) or deletion (D) states. If we suppose that Ls is the sequence
length of the structure, and that Lt is the sequence length of the target, then this sequence
of alignment states can also be represented as an alignment path on a rectangular lattice
of dimensions Ls × Lt where a diagonal path corresponds to M, a horizontal one to an
I and a vertical one to a D. Here we assume that the target sequence (t) lies along the
horizontal with the sequence length Lt and the structure sequence (s) along the vertical
with the sequence length Ls (see Figure 1).

  

|B> M |E> I M M D

       t 
 s

   A  G  C  E

 A

 C

 D

 V

Figure 1. An example of simple pairwise alignment between a target sequence (t) and a structure
sequence (s). Note that |B> denotes the BEGIN state and |E> denotes the END state.

Now let us denote the sequence of alignment states (with alignment length L) as
A ≡ (a0, a1, a2, · · · , aL, aL+1) where ai ∈ {M, I, D}with i = 1,· · · , L in addition to a0 which
indicates the BEGIN state (|B>) as well as aL+1 denoting the END state (|E>). In the
formalism of conditional random fields, a probabilistic model for the pairwise alignment is
constructed where the probability P(a|s, t) of each of these alignments can be written as,

P(a|s, t) = exp[
L+1

∑
i=1

F(ai−1, ai|s, t)]/Z(s, t) (1)

where the function F(ai−1, ai|s, t) represents the log-likelihood of the transition from the
alignment state ai−1 at i− 1 to the next state ai at the alignment position i and Z(s, t) is the
normalization factor with Z(s, t) ≡ ∑a exp

[
∑L+1

i=1 F(ai−1, ai|s, t)
]
, which is also called the

partition function. The function F(ai−1, ai|s, t) corresponds to the alignment score at align-
ment position i in conventional pairwise sequence alignment. Here, however, it depends
not just on the present alignment state ai but also on the previous alignment state ai−1
through the local structural or sequence features of residues located around the alignment
position i− 1 and i. This makes it possible to naturally incorporate position dependence or
environmental dependence in match scores as well as gap penalties. Important features
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include similarities of sequence profiles between the sequence and structure, similarities
of secondary structures and solvent accessibilities. Originally, conditional random field
formalism was based on the function F with linear combination of various scores [18].
J. Xu et al. proposed a method based on nonlinear scoring functions for F such as neural
networks or boosted regression trees [19,20]. These nonlinear scoring functions can take
nontrivial correlations between different features into account. The optimal choice of the
functions F is obtained through training on a set of reference alignments such that the
average probability of these reference alignments get maximal values.

In our alignment, F consists of a sum of successive scoring functions as follows,

F(ai−1, ai|s, t) = T0 + µ1T1 + µ2T2 + · · · (2)

where T0 is a base alignment model of scoring function and Ti’s (for i ≥ 1) are successive
nonlinear scoring functions to be determined by optimization of the probabilities of occur-
rences of some reference alignment set. The constants µ1, µ2, · · · are weight parameters
that represent the learning rate of the training. Suppose that P(ai−1, ai|s, t) refers to the net
probability that the specific transition from the alignment state ai−1 at position i− 1 to the
next state ai at position i occur (which is also called the posterior probability). Then it is
straightforward to show that, for any alignment model defined by F(ai−1, ai|s, t)

δ ln P
δF(ai−1, ai|s, t)

= δ(ai−1, ai ∈ A)− P(ai−1, ai|s, t), (3)

where δ(ai−1, ai ∈ A) is equal to 1 if ai−1 at position i− 1 and the next state ai at position i
actually pass along a reference alignment A and if not, it is equal to zero. A simple way
to understand this relation is that, when the alignment model defined by F(ai−1, ai|s, t)
is optimal (i.e., at maximum), then the right hand side of Equation (3) should be zero, in
other words, P(ai−1, ai|s, t) should be equal to 1 (maximal probability) for the states on the
alignment path (δ = 1), and equal to zero for the states not on the alignment path (δ = 0).
Here, P(ai−1, ai|s, t) is obtained by summing over all the alignments of s and t with the
restriction that a specific transition ai−1 to ai should occur at specific position for the pair of
sequences. This can be easily computed by Forward and Backward algorithm [30]. Now,
we can see that the successive scoring functions Tk, k = 1, 2, · · · can be constructed by
any machine learning methods for the functional gradient of the ln P (for the alignment in
question to occur) with respect to F, which can be easily sampled from training alignments
using the right-hand-side of Equation (3). Here in this work, each Tk is implemented as a
boosted regression tree consisting of six decision trees with depth five, which is known to
be fast and efficient (Figure 2).

Feature 1

Feature 2

Feature 3

Figure 2. A schematic diagram of a boosted regression tree.

In previous works by Xu et al. [19], the beginning alignment model T0 for F was
chosen as the trivial alignment model with F0(ai−1, ai) = 0 for all possible transitions at
all positions, which roughly corresponds to a random alignment model where all possible
pairs of residues have equal probability of alignment as well as equal probabilities for all
gaps. Here in our work, instead of beginning with the random alignment model, we chose
to begin with some reasonable alignment method which is already available and build
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our full alignment model by adding nonlinear scorning functions within the framework of
conditional random fields. Here, we chose a scoring scheme adapted from HHalign [16] as
the base scoring scheme.

HHalign is a pairwise alignment method based on comparison of HMM profiles
of protein sequences [16]. In order to construct a pairwise comparison of two HMM’s,
HHalign introduces five pair-alignment states which are MM, MI, IM, GD and DG where
M denotes a Match state in the HMM of a specific residue position for the structure sequence
or the target sequence, I an Insertion state, D a deletion state, and finally G denoting a
Gap state. For a given alignment between two HMM’s, the alignment score of HHalign
consists of the HMM-HMM profile match score, transition probability score and secondary
structure score as follows.

T0 = ∑
i
(Saa(i) + Str(i) + S2(i)) (4)

where Saa(i) denotes the similarity score between the HMM profiles of the two columns
at the alignment position i, Str represents the propensity of allowed transitions at the
alignment position i that are transitions between a pair state and itself and between pair
state MM and pair states MI, IM, DG or GD. The last term S2(i) represents the similarity
score between the secondary structure of the template (structure) residue and the predicted
secondary structure of the target residue. Usually, for the template structure, the secondary
structure information from DSSP [31] is used, while, for the target residue, secondary
structure prediction from PSIPRED [32].

Accommodation of the HHalign-type scoring into our CRF alignment model with
additional nonlinear scoring function may be implemented in two different ways that are
called in this work as the three-state scheme or the five-state scheme. In the three-state
scheme of CRF alignment model, we reduce the five states MM, MI, IM, DG, and GD of
HHalign to the usual three states M, I, D via the reduction mapping of (MM→ Match(M),
MI → Insertion(I), IM → Deletion(D), DG → Insertion(I), GD → Deletion(D)). Note
that MI and DG are both reduced to the same alignment state of I, while IM and GD to D.
For a given alignment path in this three-state scheme, the zeroth order scoring is obtained
by reduction of the HHalign scores such that for an Insertion (I) or a Deletion (D) state, the
larger score of the two corresponding states in the original five-state model from HHalign
is chosen.

It is also possible to construct a CRF alignment model with a five-state scheme
(i.e., without reduction to the three states) incorporating the full HHalign scoring and
additional nonlinear scoring functions. Moreover, in this scheme of five state, for the
purpose of training from the reference alignments, it is necessary to assign an appropriate
five-state label for each of the alignment positions between the target and the template.
Since the reference alignments are built by some structure alignments without relation
to the HMM profiles of the targets or templates, it is not straightforward to assign five
state labels to the alignment states due to the ambiguity between DG vs. MI as well as
GD vs. IM. One possible solution to this problem is to choose the unique assignment
along the reference alignment path for which the HHalign score becomes maximum. We
implemented and tested both the three-state model and the five-state model.

Once the base alignment model for the three-state scheme is fixed, additional nonlinear
scoring functions (T1, T2, . . . ) can be constructed via training on a set of reference alignments
as follows. One can evaluate the right-hand side of the Equation (3) based on the base
alignment model T0 to get the functional derivative δ ln P/δF(ai−1, ai)|F=T0 for any pairwise
alignment. Now, we sample transitions from the set of reference training alignments. Both
positive samples (i.e., those transitions appearing in the training alignments) as well as
negative samples (i.e., those transitions that are not appearing in the training alignments)
are taken. For these samples, one can compute the right-hand side of the Equation (3)
1−

〈
Pai−1,ai

〉
. These target values together with the relevant input features can now be

used to train the first additional scoring function T1 i.e., first correction to the alignment
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model, where any machine learning methods can be employed. The constant factor µ1 can
be chosen to control the degree of greediness of the training.

For training these gradients, we used so-called gradient boosted regression trees [24].
In addition, the partition function Z(s, t) can be calculated using the standard Forward-
Backward algorithm for the given alignment model. Now, when this training is completed
for T1, we are now equipped with a first order corrected alignment model, which can again
be used for training the next order regression trees T2 for further correction, using new
samples evaluated at T0 + µ1 · T1. The constants µi (i = 1, 2, 3, . . . ) are weight parameters
that can be adjusted to control the degree of convergence in the training, where we chose
µi = 0.2 for all i in this work. For each of the three (for the three-state scheme) or five
(for the five-state scheme) alignment states, there corresponds a boosted regression tree.
Input features for the regression trees include position-dependent structural features such
as secondary structures and solvent accessibilities for the known protein structure. In
addition, for the sequence with unknown 3D structure, predicted secondary structures and
solvent accessibilities are employed instead. In all, there are six features for the Match state
and there are another six features for the Gap state. For further details on the input features
to the boosted regression trees, refer to Appendix A.

In the CRF alignment model, two kinds of alignments are possible. One is the so-called
Viterbi alignment algorithm which selects the one highest scoring alignment (i.e., highest
probability). The other method of alignment is the so-called MAP (MAximum Posterior
Probability) alignment which first calculates the net probability P(si, tj) for a specific pair
of residues si (of the template structure) and tj (of the target) may align in all possible
alignments, and then find, through a standard dynamic programming, the alignment that
optimizes the sum of these values without gap costs,

S(a) ≡∑
a

P(si, tj) (5)

where the sum is performed over all pair matches. This is also called as Maximum Accuracy
Alignment (MAC). MAP alignment tends to produce more true matches compared with
the Viterbi alignment (see the section on Results).

In contrast to global alignment (where the alignment begins at the first residues of the
target and the template), local alignments can be generated by allowing the alignment to
begin (and end) at any position of the target and the template without scoring for the end
gaps. In the case of MAP alignment, this can be conveniently implemented by introducing
a threshold value mth for the match which can range from 0 to 1 and subtract mth from
P(si, tj) for all matches as follows,

Slocal(a) ≡∑
a
(P(si, tj)−mth) (6)

where, in the dynamic programming, the alignment can begin at any position of the target
and template with no costs for end gaps. As for internal gaps, additional penalties of
−0.5 ∗mth are added to avoid unnatural internal gaps being produced. A special case of
alignment mode which is called glocal (glocal + local ) alignment is commonly adopted,
where the alignment can begin (and end) at internal positions of either the target or the
template but not both. If we suppose that the sequence of the structure template runs along
vertical axis on the left boundary of a rectangular lattice, with that of the target running
along horizontal axis on the top boundary, this corresponds (in terms of the alignment path)
to beginning the alignment on the upper or left boundaries of the rectangle and ending on
the opposite sides (bottom or right boundaries) in the dynamic programming.

3. Results

As for the reference alignment set for training our sequence–structure alignment
method, we chose the SABmark (version 1.65) benchmark set [25] which was designed to
assess protein sequence alignment algorithms, especially for the case of remote homologous
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pairs of proteins. SABmark consists of two sets of pairwise and multiple alignment sets
with high-resolution X-ray structures derived from the SCOP classification. These sets,
Twilight Zone and Superfamilies, are known to cover the entire known fold space with
sequences very low to low and low to intermediate similarity, respectively.

The Twilight Zone set consists of 209 sequence groups that each represent a SCOP
fold. Sequence similarity is very low with the sequence identities ranging between 0%
and 25% and also with the structures being distantly similar. SABmark homepage states
that “This set therefore, represents the worst case scenario for sequence alignment, which
unfortunately is also the most frequent one, as most related sequences share less than 25%
identity” [25]. On the other hand, the Superfamilies set consists of 425 groups, each of
which representing a SCOP superfamily. The sequence pairs share at most 50% identity.
Even though this set in general consists of less difficult pairs (than the Twilight Zone) they
still represent challenging problems for sequence alignments.

We chose three sets of reference alignment, each consisting of 200 pairwise alignments
from the Superfamilies set and from the Twilight Zone. These three sets are labeled as
NG200, NF200 and TW200, respectively. These are chosen in such a way that the pairs are
evenly distributed among different groups of families so that as many groups of families
as possible are covered. Among these three sets, two of them (NG200 and NF200 set) are
from the Superfamilies set with average sequence identities of 24.2%, 21.2%, respectively.
The remaining set of TW200 is derived from the Twilight zone set with average sequence
identity of 13.8%. By training our sequence–structure alignment methods on these sets with
different levels of sequence similarity, we may be able to compare the modeling capabilities
of the resulting alignment methods and choose the most efficient one among those results.

HMM files were generated by using hhmake tools of HMM hhsuite [16,23]. In our
training on the three sets (NG200, NF200 and TW200), we employed the three-state scheme.
That is, at each step of the training, e.g., Ti with i = 1, 2, . . . , there are three different
boosted regression trees, one for each of the three states at the current position: match (M),
insertion (I) and deletion (D) state, respectively (i.e., the three-state scheme).

For each pairwise alignment of the reference training set, we take each of the alignment
states along the reference alignment path as a positive sample (for training the scoring
function). If it is a match state (M), we add the set of corresponding features together
with the target label value 1− P(ai−1, ai) in Equation (3) to the sample set for the boosted
regression tree for the match state. Similarly for insertion (I) or deletion (D) states along
the reference alignment path, we add the corresponding features and the label value to the
boosted regression trees for I and D respectively. Now, we have to also collect negative
samples, that is, those transitions that do not appear on the reference alignments. Suppose
that the sequence length of the structure s and the target t are Ls and Lt respectively. If
we let the alignment length to be La, then we have La ≤ Ls + Lt. Then, we can see that
(e.g., for three state alignment model) there are about ' 3(Ls · Lt − La) negative samples
which is usually much larger than the alignment length La. We randomly selected some
integer (N f ) times the alignment length La for the size of the negative samples, where we
took N f = 16. That is, we took 16 · La transitions that are not on the alignment path. These
transitions were distributed evenly among the three alignment states M, I and D. We tried
other values for N f , but the present value was found to be most effective in terms of the
training accuracy and training time. This resulted in around 2× 105 samples for each of
the three states. At each step of the training, the boosted regression trees consist of six
regression trees with each tree having a depth of five. As for the choice of the parameters
µk, as mentioned above, we simply set µk = 0.2 for all steps k. Change of this parameter
did not show much difference in the performance of the resulting alignment model.

For each of the above three sets (NG200, NF200 and TW200), in order to perform
training of our alignment model and then perform validation test in terms of alignment
accuracies, we divided the set into four subsets of 50 pairs each, and then carried out a
four-fold training and test with 150 pairs for training and the remaining 50 pairs for test
in turn. Alignment accuracies are measured as the ratio of the number of aligned pairs
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out of the true aligned pairs in the reference structure alignment of the sequence pairs of
the SABmark benchmark. For training and test on these sets presented, we employed a
three-state scheme.

Figure 3 shows the training and test accuracies (with Viterbi scoring) for the three
sets (NG200, NF200 and TW200) as the training step increases. We see that on all three
cases, the training and the test accuracies on average improve up to a certain regression
steps (about five to seven, depending on the sets), then after that, the average accuracies
tend to fluctuate somewhat. Figure 4 shows the relative improvements of the CRFalign test
accuracies over the base (zeroth order) model for the three sets. We can clearly see that,
for the hard alignment set of NF200 and TW200 as compared with the easier set of NG200,
more improvement is achieved especially in terms of the Viterbi alignment accuracies.

  

 0.7

 0.72

 0.74

 0.76

 0.78

 0.8

 0.82

 0.84

-1  0  1  2  3  4  5  6  7

A
li

gn
m

en
t A

cc
ur

ac
y

Step Index

NG set: Train
NG set: Test

 0.45

 0.5

 0.55

 0.6

 0.65

 0.7

-1  0  1  2  3  4  5  6  7
A

li
gn

m
en

t A
cc

ur
ac

y

Step Index

NF set: train
NF set: test

 0.35

 0.4

 0.45

 0.5

 0.55

 0.6

 0.65

 0.7

-1  0  1  2  3  4  5  6  7

A
li

gn
m

en
t A

cc
ur

ac
y

Step Index

TW set: Train
TW set: Test

Figure 3. Training and test accuracies for the Viterbi alignment on the three sets NG (top left), NF
(top right) and TW (bottom) of 200 reference alignments from SABmark. Note that we are using the
three-state scheme here.
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Figure 4. Training and test accuracies at Maximum for (left) the Viterbi alignment as well as
(right) the MAP alignment on the three sets (NG, NF and TW) of 200 reference alignments with the
three-state scheme.

In order to assess our alignment method in terms of protein structure modeling for
proteins in the SABmark set, we chose the whole 200 pairs of the NF200 set to train our
alignment model and then performed sequence–structure alignment with the trained
model together with structure modeling on two independent test sets using the Modeller
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program based on the alignment. One of the two test sets called NG64 consists of 64 pairs
chosen from the Superfamilies set of the SABmark. On the other hand, the second test
sets called TW55 consists of 55 pairs chosen from the Twilight Zone set of the SABmark,
representing more difficult alignment situations. Both sets consist of pairs of sequences
that are less than 30% sequence identity against those of the training set NF200 with the
average of the sequence identity against the training set being 16.6% (NG64) and 16.3%
(TW55), respectively.

Figure 5 shows the modeling results on NG64 and TW55 test sets comparing the
CRFalign method with HHalign, where we see that some improvements were made by
CRFalign over HHalign results. Table 1 shows the average TM score for the modeling
results where again we find that for the hard set of TW55 the improvement was bigger. The
average TM score of NG64 set by CRFalign was 71.96%, while that for HHalign was 71.39%.
On the other hand, the average TM score of TW55 set by CRFalign was 48.83%, while that
for HHalign was 46.32%.
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Figure 5. TM scores of structure models of NG64 set and TW55 set obtained by running Modeller
on the CRFalign alignments (three-state scheme) at various train steps (top left: steps 0, top right:
step 2, bottom left: step 4 and bottom right: 9) in comparison with the results of HHalign.

Table 1. Modeling accuracies in TM score of the test sets NG64 and TW55 based on training
with NF200.

Set HHalign Base Model CRFalign (3-State Scheme)

NG64 0.7139 0.7176 0.7196
TW55 0.4632 0.4669 0.4883

Figure 6 shows one example where CRFalign result was fed into Modeller with the
resulting model exhibiting significant improvement over that of HHalign. Shown is the
3D structure of the chain A of d1nr0a1 (which is the seven-bladed beta propeller domain
of C. elegans actin-interacting protein 1) with the template d1fwxa2 (d1nr0a1-d1fwxa2,
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TMre f = 75.38%, ID = 9.4%). Note that the sequence ID to the template sequence is only
9.4% but still CRFalign in combination with Modeller could produce a structure of TM score
with TM ' 71.8% which is close to the optimal TM score limit of ' 75.38%. In contrast
HHalign could not properly close the propeller shaped domain with relatively poor value
of the TM score of TM-HHalign= 50.36%. In the CRFalign alignment between the template
and our target sequence (not shown), we could see that there are a few large gaps in the
alignment which would be difficult to correctly align without the help of structure based
features and nonlinear scoring model for the alignment.

  

 dlnr0a1 (C. elegans actin-interacting protein 1. Seven bladed beta-propeller 
domain)    

Yellow: native 
Red: CRFalign :  TM = 0.7181
Cyan: hhalign :   TM = 0.5036

Figure 6. Structure models of d1nr0a1 (C.elegans actin-interacting protein1 Seven-bladed beta-propeller
domain) based on d1nr0a1-d1fwxa2 alignment (Reference TM = 0.75381, ID = 9.4%) from CRFalign
(top left, red) with TM-CRFalign = 0.7181, and HHalign (top right, cyan) with TM-HHalign = 0.5036; at
the to center (yellow) is the native structure. The bottom figure shows the CRFalign pairwise alignment
where a few large gaps are recognized for proper alignment.

Another example is shown in Figure 7 where β protein (The Outer Membrane Protein
OMPX from E. Coli 1qj8a) is illustrated based on the alignment (d1qj8a-d1i78a TMre f = 72.65%,
ID = 3.4%) which could roughly produce the correct fold pattern with TM-CRFalign = 56.38%
as compared with HHalign, which failed in producing the correct β patterns on one side with
TM-HHalign = 39.02. In this case, the sequence identity is even lower with ID = 3.4%. Here also,
the CRFalign alignment to the template (not shown) shows regions of big gaps.
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dlqj8a (The Outer Membrane Protein OMPX from E. Coli) 

template: d1i78a_ (d1qj8a-d1i78a_ TM=0.7265, ID=34%) 

Yellow: native 

Red: CRFalign : TM= 0.5638 

Cyan: hhalign : TM= 0.3902 

Figure 7. Structure models of d1qj8a (The Outer Membrane Protein OMPX from E. Coli) based on
d1qj8a-d1i78a_ alignment ( Reference TM = 0.7265, ID = 3.4%) from CRFalign (top left, red) with
TM-CRFalign = 0.5638, and HHalign (top right, cyan) with TM-HHalign = 0.3902; at the top center
(yellow) is the native structure. At the bottom is shown the CRFalign alignment where also a large
gap is recognized.

The final example is shown in Figure 8, which shows the structure of d1hnja2 (Beta-
Ketoacyl-acyl carrier protein synthase III) with the alignment d1hnja2-d1hnja1 (TMre f = 59.88%,
ID = 10.4%). Here, CRFalign could produce TM-CRFaligna = 57.68% which is quite close to the
ideal value of TMre f = 59.88%. In contrast, HHalign could produce the model with TM-HHalign
= 48.62% only, failing to reproduce much of the secondary structural elements.

For building working alignment models (targeted for blind structure prediction such
as CASP), we trained several hundred different three-state alignment models (i.e., accu-
mulating different sets of boosted regression trees) on the three sets (NG200, NF200 and
TW200) using the whole 200 pairwise alignments for each of the three sets. In order to
choose optimal alignment models, we need to test these for their modeling capabilities.
For this, we tested these on CASP10 targets with appropriate templates by performing
alignment and modeling. We chose 58 single-domain targets from CASP10, for which there
exist templates. Among these, for 50 of them, we could choose two templates. Hence, in all,
we have 108 pairs to align and model.
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d1hnja2 (Beta-Ketoacyl carrier protein synthase Ⅲ )

template: d1hnja1 (d1hnja2-d1hnja1: TM=0.5988, ID=10.4%) 

Yellow: Native
Red: CRFalign: TM = 0.5768 
Cyan: hhalign: TM = 0.4862 

Figure 8. Structure models of d1hnja2 (Beta-Ketoacyl-acyl carrier protein synthase III) based on
d1hnja2-d1hnja1 alignment (Reference TM = 0.5988, ID = 10.4%) from CRFalign (top left, red) with
TM-CRFalign = 0.5768, and HHalign (top right, cyan) with TM-HHalign = 0.4862; at the top center
(yellow) is the native structure. The bottom figure shows the CRFalign alignment.

Figure 9 shows the comparison of the TM scores for the modeled structures with
the base alignment model vs. HHalign where we see that the average TM score with
the base alignment model (TMbase ' 0.5246) is lower than that of the HHalign model
(TMhha ' 0.5286). However, on the right side, shown is the comparison between the
CRFalign (three-state) result and HHalign, where we see various targets for which the base
model gave relatively poor result are now showing some improvement with the resulting
average TM score of TM-CRFalign ' 0.5321. This CRFalign alignment with the three-state
scheme was applied successfully to CASP11 [27] and CASP12 [33] .
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Figure 9. Comparison of TM scores for CASP10 targets by Modeller modeling based on (left) base
alignment (average TM score = 0.5246) vs. HHalign alignment (average TM score = 0.5286) and
(right) CRFalign alignment (average TM score = 0.5321) vs. HHalign.

Recently, we constructed a larger training set called TR367 from SABmark for CRFalign
with the five-state alignment model. The training set TR367 consists of 367 pairs of proteins
from SABmark superfamily (299 pairs) and twilight zone set (68 pairs). These were carefully
selected more or less uniformly among different folds and families. In order to assess the

242



Molecules 2022, 27, 3711

pair-wise alignments of the five-state alignment model, we prepared two test sets W200
and S200 from SABmark benchmark set. The W200 set consists of 200 pairs chosen from the
twilight zone subset of SABmark set, while those of S200 are 200 pairs from the superfamily
set, where all the sequences in the test set have sequence identities less than 20% against
those sequences in the training set (TR367). Therefore, the pairs in W200 set should be
considered, in general, harder (i.e., remote homologues) than those of S200 set. Figure 10
shows the training and test accuracy of alignments for the TR367 training set and the W200
test set as well as S200 test set. We can see here also that the average alignment accuracy in
the W200 set shows larger relative improvement than that in the case of S200 set (Table 2).
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Figure 10. (Top) Training alignment accuracy on TR367 set with the five-state model training. (Bottom
left) Test alignment accuracies on W200 set with the same five-state model; both Viterbi alignment
and MAP alignment accuracies are shown. (Bottom right) Test alignment accuracies on S200 set with
the same five-state model (below).

Table 2. Alignment accuracies in the test sets W200 and S200 based on training with TR367.

Set Base Model CRFalign (Five-State Scheme)

W200 0.546 0.583
S200 0.767 0.787

Table 3 shows the modeling accuracies on the two test sets W200 and S200. We can
recognize larger relative improvement in the TM score in the case of W200 set compared
with that of S200 set which is consistent with the alignment accuracies shown above.
Figure 11 shows a comparison of the TM scores of individual targets for W200 set based
on CRFalign (at different steps of 1, 4, 7 and 10) vs. the Base model. Here also, one can
recognize significant relative improvement in the targets of low TM score region.
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Table 3. Modeling accuracies in average TM score of the test sets W200 and S200 based on the
five-state training with TR367 set.

Step Number W200 S200

0 0.4304 0.5776
1 0.4331 0.5792
2 0.4368 0.5812
3 0.4372 0.5808
4 0.4377 0.5809
5 0.4406 0.5826
6 0.4431 0.5827
7 0.4455 0.5820
8 0.4473 0.5833
9 0.4462 0.5849
10 0.4499 0.5870
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Figure 11. TM scores of structure models on the W200 test set with CRFalign (the five-state model)
at steps 1 (top left), 4 (top right), 7 (bottom left), 10 (bottom right) vs. the Base model (step 0),
respectively.

Figures 12–14 show examples of significantly improved model structures from the
W200 set using CRFalign (and Modeller) with the five-state model as compared with those
from the base model. The first example domain is d1a1w__(FADD death-effector domain)
which consists of mostly alpha-helices. The structure model produced from CRFalign
with its template (d1dgna_) exhibits TM score of 0.6477 and rmsd = 2.318 with a sizable
improvement over that from the Base alignment with TM score = 0.3575 and rmsd = 12.111
(Figure 12). The next example is d1gjwa1 (Thermotoga maritima maltosyltransferase)
which consists of mostly beta sheets. In this case also, we observe that the CRFalign (of
d1gjwa1-d1ktba1) leads to a model structure with TM score = 0.6243 and rmsd = 2.781
which is a significant improvement over that based on the base model alignment with
TM score = 0.4907 and rmsd = 4.616 (Figure 13). The final example is d1mwma2 (ParM
from plasmid R1 ADP form), which consists of alpha and beta structures. The CRFalign

244



Molecules 2022, 27, 3711

alignment (of d1mwma2-d1nbwa3) and Modeller produce a model with TM score = 0.6182
and rmsd = 3.749 in comparison with that based on the Base alignment with TM score =
0.4829, rmsd = 7.159 (Figure 14).

  

Figure 12. (Left) Structure model of d1a1w__(FADD death-effector domain) based on d1a1w__-
d1dgna_ CRFalign alignment (red) overlapped with the experimental structure of d1a1w__ (yellow)
(with TM score = 0.6477, rmsd = 2.318 ) and (right) that based on base model alignment (cyan)
overlapped with the experimental structure (yellow) (with TM score = 0.3575, rmsd = 12.111).

  

Figure 13. (Left) Structure model of d1gjwa1 (Thermotoga maritima maltosyltransferase) based on
CRFalign alignment (red) of d1gjwa1-d1ktba1 overlapped with the experimental structure of d1gjwa1
(yellow) (with TM score = 0.6243, rmsd = 2.781 ) and (right) that based on the base model alignment
(cyan) overlapped with the experimental structure (yellow) (with TM score = 0.4907, rmsd = 4.616 ).

We also tested the performance of CRFalign (five-state scheme) on hard targets of
CASP14 [29], where the targets are selected from the 15 protein domains listed as FM (Free
Modeling) or FM/TBM (of CASP14). These target domains are T1026-D1, T1030-D1, T1032-
D1, T1033-D1, T1038-D2, T1039-D1, T1046s1-D1, T1046s2-D1, T1056-D1, T1067-D1, T1074-
D1, T1079-D1, T1080-D1, T1082-D1 and T1099-D1. The structural homologues of these
targets (obtained by using LGA structure alignment [34]) can be retrieved from CASP14
homepage (https://predictioncenter.org/download_area/CASP14/templates/LGA/, last
accessed on 1 February 2022). For each of these domain targets, 1–6 homologues are
available for templates. We ended up with 51 pairs of target and templates involving 15
CASP14 domains for sequence–structure alignment. We compared the TM scores of the
structure models obtained via Modeller based on the pairwise alignments using CRFalign
and HHalign, respectively. Table 4 shows the average TM score of the structure models
from CRFalign at each step number (with both the five-state and three-state models). This
can be compared with the TM score result for HHalign TM-HHalign = 0.3905 which is close
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to the result of base model (in three-state alignment model). For reference and comparion,
we tested (baseline) pairwise alignments using BLOSUM62 scores [35] and also recent
MRFalign alignment on the above set. These alignments produced (through Modeller)
3D models with average TM scores of TM-Blosum62 = 0.3077 and TM-MRFalign = 0.3693
Table 5. We see that the highest average TM score for CRFalign (five-state model) is around
TM = 0.4294 (at step 9) which improves upon HHalign by nearly 3.9% point, and upon
MRFalign by about 6.0% respectively as shown in Table 5. The maximal possible average
TM score using TM-align (=0.5973) is also shown in Table 5 which shows that there are
significant gaps between the maximal TM score and CRFalign. However, it is important
to note that these CASP14 targets are classified as hard targets where the corresponding
templates are very hard to find from typical template searches, and that these templates are
identified from structural alignments such as LGA.

  

Figure 14. (Left) Structure model of d1mwma2 (ParM from plasmid R1 ADP form) based on CRFalign
alignment (red) of d1mwma2-d1nbwa3 overlapped with the experimental structure of d1mwma2
(yellow) (with TM score = 0.6182, rmsd = 3.749) and (right) that based on Base alignment (cyan)
overlapped with the experimental structure (yellow) (with TM score = 0.4829, rmsd = 7.159 ).

Table 4. Modeling accuracies in average TM score of 51 pairs involving the CASP14 hard targets
based on the five-state model as well as the three-state model.

Step Number CRFalign (5-State) CRFalign (3-State)

0 0.3938 0.3902
1 0.3983 0.3958
2 0.4009 0.4029
3 0.4027 0.4041
4 0.4082 0.4045
5 0.4107 0.4071
6 0.4156 0.4074
7 0.4201 0.4011
8 0.4253 0.4034
9 0.4294 0.4129

10 0.4237 0.4198
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Table 5. Average TM score of models by various alignment methods on 51 pairs involving the
CASP14 hard targets together with the maximal TM score (of TM-align).

Blosum62 MRFalign HHalign CRFalign
(3-State)

CRFalign
(5-State) TM-Align

0.3077 0.3693 0.3905 0.4198 0.4294 0.5973

Figure 15 shows the x-y comparison plot of the TM scores of the 51 pairs by CRFalign
(with the five-state scheme at step 9) against those of HHalign (left) and another comparison
of CRFalign against MRFalign [21] (right). We can see that CRFalign improves the modeling
accuracy significantly for some of the hard targets in comparison with both HHalign and
MRFalign. Figure 16 shows an example of the modeled structures among the CASP14
hard targets which exhibit notable improvement in the modeling accuracies. This target
is T1082-D1, which consists of alpha helices where CRFalign results in TM score = 0.5656
that exhibits a large improvement over TM score = 0.2499 of HHalign. We used the above
set of 51 pairs of CASP14 target-templates for estimating the running speed of CRFalign
alignments. With the average sequence length per target of 178 residues, the average
running time of a pairwise alignment was 1.76 seconds on our single CPU of AMD EPYC
7543 (2.80 Ghz).
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Figure 15. Comparison of the TM scores of structure models on hard targets of CASP14 by CRFalign
(five-state model, step 9) against HHalign (left) and MRFalign (right) respectively.

  

Figure 16. (Left) Structure model of the target T1082-D1 based on CRFalign alignment of T1082-D1-
6h7bC (red) overlapped with the experimental structure of T1082-D1 (yellow) (with TM score = 0.5656,
rmsd = 3.01) and (right) that based on HHalign alignment (cyan) overlapped with the experimental
structure (yellow) (with TM score = 0.2499, rmsd = 8.83 ).
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Sequence–structure alignment is useful in fold recognition i.e., template search. In
order to test the template search capability of CRFalign alignment, we incorporated CR-
Falignment (with the five-state scheme) into our fold recognition framework called CRF-
pred [27,33]. CRFpred utilizes a set of machine learning methods such as random forest,
boosted regression tree, support vector machine and linear regression, on features obtained
from CRFalignment output. These features include profile scores, secondary structure
scores and solvent accessibility scores. Details of the CRFpred will be presented in future
publications. The structure database of 35539 proteins was built with 40% sequence identity
cutoff. We randomly selected 300 targets from the database with the sequence length
ranging from 100 to 500. These targets can be divided into three groups according to the
levels of difficulties as measured from TM scores between the targets and best templates (ex-
cluding the targets themselves) among the database. These three sets are EASY (170 targets,
TM > 80%), MEDIUM (89 targets, 60% < TM < 80%) and HARD (41 targets, TM < 60%) sets.

For each target, search is made from the database (excluding the target itself) and
the top five templates are chosen from the result of CRFpred search. Table 6 shows the
average TM scores of the targets with the best predicted (CRFpred) template and with
the top templates respectively. Figure 17 shows the xy-plot comparison of the TM scores
of 300 target proteins with the best template among the top five predicted templates by
CRFpred (CRFalign) vs. the TM scores of the same proteins with the top templates from
the database. In order to check how well CRFalign and CRFpred can detect a template that
is close enough to the top template, we plot in Figure 18, for each of the three taregt sets,
the success rate of finding a template wth a TM score that exceeds a given cutoff ratio of the
TM score of the top template. We can see that, for the Easy target set, the detection rate at
cutoff ratio of 95% reaches 95.9%, while for the case of the Medium target set, at the same
cutoff ratio of 95%, the detection rate is down at 84.3%. On the other hand, for the case of
the Hard target set, the detection rate at cutoff ratio of 95% is only 48.8%. By lowering the
cutoff ratio to 85%, we can see that the detection rate increases to 68.3%. This manifests
some measure of the difficulty in detecting a reasonable template for the case of the Hard
target set.

Table 6. Summary of Average TM scores of 300 targets.

Easy Medium Hard All

Top template from database 0.8902 0.7240 0.4882 0.7860
Best in CRFpred top five 0.8837 0.7050 0.4431 0.7704
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Figure 17. Comparison of the TM scores of 300 proteins with the best among top five predicted
templates from CRFpred (through CRFalign) vs. the TM scores of the same proteins with the (true)
top templates from the database.
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Figure 18. Success rate of finding (among the top five CRFpred templates) a template that is within
a certain cutoff ratio of the maximal possible TM score for three subsets of Easy, Medium and
Hard targets.

4. Discussion

A sequence–structure alignment method CRFalign is presented that improves upon
a reduced three-state or five-state scheme of HMM-HMM profile alignment model by
means of conditional random fields with nonlinear scoring on the sequence and structural
features implemented with boosted regression trees. CRFalign can extract and exploit
complex nonlinear relationships among sequence profiles and structural features, including
secondary structures, solvent accessibilities, environment-dependent properties that give
rise to position-dependent and environment-dependent match scores and gap penalties.
Training of the CRFalign is performed on a chosen set of reference pairwise alignments
from the SABmark benchmark set, which consists of Twilight Zone set and Superfamilies
set with pairs of sequences very low to low, and low to intermediate sequence similarity,
respectively. We found that our alignment method produces relative improvement in
terms of average alignment accuracies, especially for the alignment of remote homologous
proteins. Comparison of the modeling capabilities of our alignment on independent pairs
of SABmark set with those of HHalign showed that our alignment method produced better
modeling results especially in the relatively hard targets. This was also confirmed in recent
tests on hard targets of CASP14. CRFalign was successfully applied to the initial stages of
fold recognition and as an input to the multiple sequence alignment called (MSACSA) in
the CASP11 and CASP12 competition on protein structure predictions.
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Appendix A

We consider the following input features for the regression trees of the function F.

(A) Features for match states:

We assume that the i-th position of the template (structure) sequence is aligned
(i.e., matched) to the j-th position of the target sequence.

(1) Similarity between the HMM-profile of the structure and that of the template, which
is calculated as the logarithm with base 2 of the dot product between the HMM-profiles of
s and t. The HMM profiles are obtained from HHblits developed by Söding, et al.

HH(i, j) ≡ log2(∑
k

Hs
i,k · Ht

j,k) (A1)

where Hs
i,k denotes the k-th component of the hmm profile (position specific scoring matrix)

at the residue position i of the structure template, and Ht
j,k denotes the k-th component of

the hmm profile at the residue position j of the target.
(2) Secondary structure similarity : We employ three-state classification for secondary

structures, i.e., C (=Coil), H (=α-Helix), and E (=β-strand). For the template structures s,
each residue position is assigned by DSSP [31] one of these three states. For the targets,
we use the 3-state secondary structure prediction of PSIPRED which gives three values
of relative likelihood of secondary structures corresponding to (C, H, E). For a match
between the observed secondary structure in 3-state representation at i-th position of the
template structure and the predicted secondary structure at j-th position of the target,
the secondary structure similarity is determined as the component value of the predicted
secondary structure at j-the position of the target corresponding to the observed secondary
structure at i-th position of the template structure as follows

SS(i, j) ≡ SSP(j, ki,obs) (A2)

where ki,obs denotes the observed secondary structure (one of C, H, or E) at the residue
position i of the template, and SSP(i, ki,obs) denotes the corresponding predicted (PSIPRED)
value of the secondary structure at the residue position j of the target.

(3) Solvent accessibility : As for the solvent accessibility feature, we use a three-state
classification scheme with labels of ’Buried’, ’Intermediate’, and ’Exposed’ states. These are
determined by the values of the relative solvent accessibility (RSA) of a specific residue with
ranges 0–9% (’Buried’), 9–36% (’Intermediate’), and 36–100% (’Exposed’). For the template
structure, the solvent accessibility state is determined by DSSP. Also for the case of target
(query) sequence, we employ the program SANN [36] which predicts RSA propensity with
3-state scheme for a sequence with unknown 3D structure.

For a match between the observed RSA (obtained from DSSP) at i-th position of the
template and the predicted RSA (from SANN) at j-th position of the target, the feature
value is chosen as

SA(i, j) ≡ SANN(j, ai,obs) (A3)

where ai,obs denotes the observed RSA (one of the three states ‘Exposed’, ‘Buried’, or
‘Intermediate’) at the residue position i of the template (from DSSP), and SANN(j, ai,obs)
denotes the corresponding predicted value of the RSA at the residue position j of the target.

(4) BLOSUM matrix, Gonnet matrix, and Kihara matrix : For a match state between s
at position i and t at position j, we take as additional features the corresponding matrix
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elements of the BLOSUM62 matrix [35] B(si, tj), Gonnet250 matrix [37] G(si, tj), and the
Kihara matrix [38] K(si, tj).

(5) Environmental fitness score :
For the residue position i of the template, DSSP provides the secondary structure and

the solvent accessibility for the residue. The environmental fitness score for the match
between i-th residue position of the template and j-th residue position of target is obtained
from the weighted average of the environmental fitness potential of the template’s local
environment state with the position specific frequency matrix (PSFM) Ht(j, k) derived from
the HMM profile of the target as follows

Env(i, j) ≡∑
k

φenv(k, ssi, sai) · Ht(j, k) (A4)

where φenv(k, ssi, sai) denotes the environmental fitness potential of amino acid k for the
secondary structure state ssi and solvent accessibility state sai of the template at i-th residue
position (which was borrowed from the PROSPECT II [39]).

(6) Neighborhood similarity score :
For the match between i-th position of the template and j-th position of the target, this

score measures the similarity between the neighboring residues within a fixed window.
Suppose we set the window size nw ≡ 2 ∗ f + 1 with f ≥ 1, then the neighborhood
similarity between the template and the target at offset position k from (i,j) is defined as
the sum of Pearson correlations of the PSFM, SS and SA at (i + k)-th residue position of the
template and the (j + k)-th residue position of the target with k = 0, ±1, ±2, . . . , ± f .

Ns(i, j) ≡
k=+ f

∑
k=− f

(
Corr(Hs(i + k), Ht(j + k)) + Corr(SS(i + k), SS(j + k)) + Corr(SA(i + k), SA(j + k))

)
. (A5)

Here Corr(x, y) denotes the Pearson correlation of vectors x and y with the same
length of components which is defined as

Corr(x, y) ≡ ∑N
i=1(xi − x)(yi − y)√

∑N
i=1(xi − x)2

√
∑N

i=1(yi − y)2
(A6)

where x ≡ ∑N
i=1 xi/N is the average value of xi, i = 1, . . . , N. As for the size of the

neighboring window, we set nw = 9 (i.e., f = 4).

(B) Input features for the Gap states:

(1) Seven-component reduced-profile features derived from the HMM profile based
on seven classes of residues:

For a gap state (both at the template and target), the corresponding inserted residue
was classified into seven classes as (i) class I of hydrophobic and aliphatic residues including
Ala, Ile, Leu, and Val. (ii) class I I of hydrophobic and aromatic residues including Phe, Trp,
and Tyr. (iii) class I I I of polar residues including Asn, Cys, Gln, Met, Ser, and Thr. (iv)
class IV of Acidic charged residues including Asp, and Glu. (v) class V of Basic charged
residues including Arg, His and Lys. (vi) class VI of the residue Gly. (vii) class VII of the
residue Pro.

Suppose there is a gap at position i in the template with the corresponding residue
at position j of the target, one can construct a simple reduced profile by collecting and
summing those component values of the PSFM (derived from the HMM profile) of the
target residue at j-th position, such that those components belonging to the same class are
summed over. That is,

C7,s(i, j, u) ≡
20

∑
k∈u

Ht(j, k) (A7)
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where Ht
( j, k) denotes the k-th component of the HMM profile (position specific scoring

matrix) at the residue position i of the target. The seven-class index u ranges from the class
I to the class VII as indicated above. Similar method can be applied to the case of a gap in
the target.

(2) Secondary structure :
For a gap state at the target (i.e., insertion at the template), the observed secondary

structure (from DSSP) of the template at the corresponding inserted residue is used as
the secondary structure feature, which is represented in a 3-vector form with the Coil (C)
state corresponding to (1, 0, 0), the Helix (H) state to (0, 1, 0) and the Extended Beta (E) to
(0, 0, 1). On the other hand, for a gap state at the template (i.e., insertion at the target), the
predicted secondary structure propensity with three components (from PSIPRED) of the
target at the corresponding inserted residue is used as the secondary structure feature.

(3) Solvent accessibility :
Similarly to the case of secondary structure, for a gap state at the target (i.e., insertion

at the template), the observed solvent accessibility in three states (derived from DSSP) of the
template at the corresponding inserted residue is used as the input feature. The three states
of “Buried” (B), “Intermediate” (I), and “Exposed” (E) are represented as (1, 0, 0), (0, 1, 0),
and (0, 0, 1) respectively. On the other hand, for a gap state at the template (i.e., insertion at
the target), the predicted solvent accessibility in three states (from SANN) of the target at
the corresponding inserted residue is used as the input feature.

(4) Local gap propensity from secondary structure environment:
For a gap state at the target (i.e., insertion at the template), the predicted secondary

structure information (from PSIPRED) of the target in the seven neighboring residues
(i.e., from −3 to +3 separation from the gap position) is combined to give the Coil (or Loop)
propensity as

SSg(i, j) ≡
+3

∑
k=−3

((SP(j + k, C)− SP(j + k, H)) + (SP(j + k, C)− SP(j + k, E))) (A8)

where SP(j + k, C) denotes the component of the predicted secondary structure at the
residue position j+ k of the target, to be found in a Coil state C, SP(j+ k, H) the component
of the predicted secondary structure to be found in a Helix state H, and similarly SP(j+ k, E)
the component for the Beta strand state E.

On the other hand, for a gap state at the template (i.e., insertion at the target), we
use similar formula on the neighboring residues for the template except that here, instead
of the predicted secondary structure, the observed secondary structure is used, which is
represented in a 3-vector form with the Coil (C) state corresponding to (1, 0, 0), the Helix
(H) state to (0, 1, 0) and the Extended Beta (E) to (0, 0, 1).

(5) Local gap propensity from solvent accessibility environment:
For a gap state at the target (i.e., insertion at the template), the predicted solvent

accessibility information (from SANN) of the target in the seven neighboring residues
(i.e., from −3 to +3 separation from the gap position) is combined to give the Coil (or Loop)
propensity as

SAg(i, j) ≡
+3

∑
k=−3

(0.2 ∗ SANN(j + k, I) + 0.7 ∗ SANN(j + k, E)) (A9)

where SANN(j + k, I) denotes the component of the predicted solvent accessibility at the
residue position j + k of the target, to be found in an “Intermediate” state I, SANN(j + k, E)
the component of the solvent accessibility to be found in an “Exposed” state E. Hence we
put more weight on the exposed residues than buried or intermediate residues.

Similarly for a gap state at the template (i.e., insertion at the target), we use similar
formula on the neighboring residues for the template except that here, instead of the
predicted solvent accessibility, the observed solvent accessibility (in normalized 3-vector
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form) is used. Therefore, the summand in the above formula becomes 0.2 for the state
“Intermediate” and 0.7 for the “Exposed” state.

(6) Additional features for indicators of the end position of the sequences:
In addition to the above input features for the gap states, we also use separate indica-

tors for the end positions of each of the two sequences for special treatment of end gaps.
That is, we define

End(i, j) ≡ δi + δj (A10)

where δi (δj) = 1 if i (j) is at the beginning (N-terminal) or at the end (C-terminal) of the
sequence and 0 otherwise.
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Abstract: Proper balance between protein-protein and protein-water interactions is vital for atomistic
molecular dynamics (MD) simulations of globular proteins as well as intrinsically disordered proteins
(IDPs). The overestimation of protein-protein interactions tends to make IDPs more compact than
those in experiments. Likewise, multiple proteins in crowded solutions are aggregated with each
other too strongly. To optimize the balance, Lennard-Jones (LJ) interactions between protein and
water are often increased about 10% (with a scaling parameter, λ = 1.1) from the existing force fields.
Here, we explore the optimal scaling parameter of protein-water LJ interactions for CHARMM36m in
conjunction with the modified TIP3P water model, by performing enhanced sampling MD simulations
of several peptides in dilute solutions and conventional MD simulations of globular proteins in dilute
and crowded solutions. In our simulations, 10% increase of protein-water LJ interaction for the
CHARMM36m cannot maintain stability of a small helical peptide, (AAQAA)3 in a dilute solution
and only a small modification of protein-water LJ interaction up to the 3% increase (λ = 1.03) is allowed.
The modified protein-water interactions are applicable to other peptides and globular proteins in
dilute solutions without changing thermodynamic properties from the original CHARMM36m.
However, it has a great impact on the diffusive properties of proteins in crowded solutions, avoiding
the formation of too sticky protein-protein interactions.

Keywords: molecular dynamics simulation; enhanced sampling method; molecular force fields; van
der Waals interaction; CHARMM36m; NBFIX; intrinsically disordered proteins; crowding simulations

1. Introduction

Atomistic descriptions of biomolecules using molecular dynamics (MD) simulation
are important to investigate structure-dynamics-function relationships [1,2]. Long-time
MD simulations provide us reliable thermodynamic and kinetic properties of proteins and
other biomolecules in solution, membrane, and other cellular environments, if accurate
molecular force fields are available [3,4]. Atomistic MD simulations used to focus on con-
formational dynamics of small globular proteins, while large membrane proteins, nucleic
acids, and protein-nucleic acid complexes like ribosome have become target systems of
the simulations in these days [5–8]. Intrinsically disordered regions/proteins (IDRs/IDPs)
and their assemblies including aggregations and liquid droplets in cells have also been
examined using atomistic [9–12] and coarse-grained (CG) MD simulations [13–18]. All of
these molecules are necessary for modeling highly heterogeneous and crowded cellular
environments [19,20].
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To investigate protein structure, dynamics, and function in cellular environments,
the effect of macromolecular crowding, or the excluded volume effect, is crucial [21]. In
addition, weak and non-specific interactions between macromolecules or between macro-
molecules and metabolites play important roles, as observed in recent experimental [22–24]
and computational studies [19,20,25–29]. Such interactions are also used to form liquid-
liquid phase separations (LLPSs) in the cytoplasm, membrane, and nucleus, which could
be functional platforms for biomolecules [12,30,31]. However, water is the most abundant
molecules even in the cellular environments [32]. It suggests that a proper balance between
protein-protein and protein-water interactions is necessary for reliable thermodynamic and
kinetic properties of proteins predicted in atomistic MD simulations [27,33–35].

Molecular force fields for classical MD simulations are usually described as a sum
of bonded (bond, angle, and dihedral) and non-bonded (electrostatic and van der Waals)
interactions [36,37]. The reliability of the MD simulations strongly depends on the qual-
ity of the molecular force field. Therefore, continuous improvements of the molecular
force-field parameters have been carried out [38–40]. Using the latest well-known force
fields like AMBER [41,42], CHARMM [43,44], and OPLS [45], conformational stability and
dynamics of globular native proteins are well reproduced in atomistic MD simulations,
although there are still debates on protein folding pathways or mechanisms predicted in the
simulations [46]. In contrast, IDR/IDP structures and intermolecular interactions between
them are difficult to be predicted in MD simulations [9,40,47]. The radius of gyration
(Rg) for IDR/IDP predicted in the MD simulations tends to be more compact than that
observed in experiments [34,47]. Crowded protein solutions, which mimic the cytoplasmic
environments in the cells, are also difficult to be investigated in the MD simulations with
conventional molecular force fields [19,20,25–29]. In the simulations, proteins could be
aggregated more strongly than experiments, and thereby, translational, and rotational
diffusive motions of proteins become slower [27]. To overcome these problems, too sticky
protein-protein interactions should be avoided from the conventional molecular force fields.

Since water is the most abundant molecules in most of biological simulations, it is rea-
sonable to modify protein-water interactions, without changing protein-protein interactions
from the original ones. Based on the idea, Best and his colleagues suggested the optimal
scaling parameter of Lennard-Jones (LJ) interactions between protein and water [34]. With
the scaling factor, λ = 1.1 (10% increase of protein-water interaction) for AMBER ff99SB [48]
and ff03 [49] in conjunction with TIP3P [50] or TIP4P/2005 water models [51], they suc-
cessfully simulated structures and dynamics of IDPs including Cold-shock protein and
ACTR, consistent with experimental data. As well as in the case of all-atom force fields, the
scaling of protein-water interaction in Martini 3 CG model yielded the improved agreement
with the small-angle X-ray scattering (SAXS) experiments for IDPs [52]. Recently, Tang
et al. further modified the backbone torsion angle parameters of Ser, Thr, and Gln, to
improve ff99SBws in conjunction with TIP4P/2005 (ff99SBws-STQ) [35]. Nawrocki et al.
also proposed a scaling parameter, λ = 1.09, for CHARMM36 [43] in conjunction with the
modified TIP3P model [53] to avoid aggregations of villin headpiece subdomains (villins)
in their high-concentration solution [27]. Using the modified force fields, they could inves-
tigate slowing down of translational/rotational diffusions of villins, as the concentration
of the proteins increases. The slowdown of diffusions was related to the transient cluster
formations in crowded solutions, which was also observed by Hummer and coworkers
in their extensive µs MD simulations [28] using Amber99SB*-ILDN-Q [54] in conjunction
with TIP4P-D water model [55].

These studies suggest the importance of a proper balance between protein-protein and
protein-water interactions, which can be controlled via optimizing the scaling parameter,
λ, of protein-water LJ interactions. Although similar scaling parameters were found
for AMBER ff99SB/ff03 and CHARMM36, the values are not necessarily applicable to
other force fields. Our aim, in this study, is to find an optimal scaling parameter for the
simulations of globular and disordered proteins in dilute or crowded solutions, when we
employ CHARMM36m [44] in conjunction with the modified TIP3P water [53]. We first
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examine various scaling parameters for LJ interactions between protein and water in MD
simulations of (AAQAA)3 in solution. To confirm the most reasonable scaling parameter, λ,
several proteins including TDP-43 in the C-terminal domain (CTD) [31], chignolin [56], c-Src
kinase [57], and villin [58] are simulated in dilute or crowded solution. Considering the slow
folding/unfolding processes of these peptides/proteins, enhanced sampling algorithms like
replica-exchange molecular dynamics (REMD) [59] for (AAQAA)3, Gaussian accelerated
MD (GaMD) [60] for TDP-43, and Gaussian accelerated replica-exchange umbrella sampling
(GaREUS) [61] for chignolin were employed. We employed different protocols based on
the features of each peptide and analysis. In the case of (AAQAA)3, the calculation of the
temperature dependence of helicity is required for comparison with the experiments. The
REMD method is suitable for evaluating the temperature dependence while enforcing the
conformational sampling. Since chignolin is a β-hairpin forming protein and its timescale
for folding/unfolding process is longer than that for α-helix, enhanced sampling methods
using the collective variables (CVs), such as GaREUS, are needed. TDP-43 is intrinsically
disordered, and any CVs are not needed. Thus, GaMD can be used for accelerating
the conformational changes without increasing the computational cost from the cMD.
Following the work by Nawrocki et al. [27], we test the scaling parameters of protein-water
LJ interactions in the range between 1.00 and 1.09. The most reasonable value that we
obtain for CHARMM36m in conjunction with the modified TIP3P is largely different from
the previously proposed values for AMBER ff99SB/ff03 and CHARMM36, suggesting
that a better balance between protein-protein and protein-water interactions is realized in
CHARMM36m [44]. However, the small scaling value that we suggest in this study could
change the diffusive properties of proteins in crowded solutions.

2. Results
2.1. Folding and Stability of Small Peptides in Solution
2.1.1. (AAQAA)3

We performed REMD simulations [59] of (AAQAA)3 using 58 replicas covering
the temperature range between 275.0 and 382.0 K. In the simulations, we aim to exam-
ine the temperature dependence of the helicity with different scaling parameters, λ, for
protein-water LJ interactions. Since the scaling is introduced in CHARMM using the NBFIX
function, the scaling parameter, λ, and the term, NBFIX, are used as the same meaning in
this paper. Following to the previous studies [44], we regard that the corresponding residues
form an α-helix, when the backbone dihedral angles (φ and ψ) for three or more consecutive
residues satisfy −100◦ < φ < −30◦ and −67◦ < ψ < −7◦, respectively. The fraction of helix
is computed from the number of residues forming α-helix, divided by the total number
of residues. In Figure 1a, five curves obtained in the REMD simulations with λ = 1.00
(CHARMM36m), 1.03, 1.04, 1.06, and 1.09, are compared to the experimental results [62].
Although none of the simulation curves fit to the temperature dependence observed in
the experiment, the fraction of helix at 300 K for λ = 1.00 (CHARMM36m) (0.17 ± 0.01)
and 1.03 (0.15 ± 0.01) are close to the experimental one (~0.2). Note that at λ = 1.00 in our
simulation shows similar value to the previously reported in the CHARMM36m paper [44],
despite the difference in water box size. In contrast, using larger scaling values, λ = 1.06
and 1.09, the fraction of helix is drastically reduced to less than 0.1 at all the temperatures.
Even at 300 K, it is around 0.05, which is much smaller than the experimental value and
those with λ = 1.00 and 1.03. Interestingly, the curve with λ = 1.04 shows medium fractions
of helicity between λ = 1.03 and 1.06. In Figure 1b, the faction helix at 300 K versus the
scaling parameter, λ, is well fitted with the sigmoidal curve,

f (λ) =
A

1 + exp
(
−
(

λ−B
C

)) + D, (1)

and the fitted parameters are (A,B,C,D) = (0.11, 1.04, −0.0049, 0.0055). Parameter B corre-
sponds to the scaling factor for the middle point of the helicity curve.
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In Figure 1c, the fraction of helix in each residue at 300 K is compared between the
REMD simulations with the scaling parameter, λ, and the experimental results. The residue
profiles with λ = 1.00 and 1.03 are similar to the experimental one, although that in residue
3 (Q3) is largely underestimated in the simulations. Interestingly, these profiles are also
comparable to those predicted in recent AMBER force fields for IDPs (ff99SBws-STQ [35]).
In other profiles with λ = 1.04, 1.06, and 1.09, the fraction of helix in each residue is scaled
down almost uniformly from those with λ = 1.00 and 1.03.

We next examine the conformational spaces, which were explored in the REMD
simulations with different scaling parameters. For this purpose, the two-dimensional
potential of mean forces (2D-PMFs) at 300 K are shown along with the end-to-end distance,
d, and the Cα root mean square deviation (RMSD) from the ideal α-helix conformation
(Figure 2). The folded structures are localized at d~24 Å and RMSD~0.5 Å, while the
unfolded structures have a broad region with RMSD > 4 Å. Except for λ = 1.09, these
two basins (for the folded and unfolded ones) clearly exist in all the PMFs. The PMFs with
λ = 1.03 is close to that with the original CHARMM36m (λ = 1.00), while the unfolded basin
is slightly emphasized due to stronger protein-water interactions. At λ = 1.04, 1.06, and
1.09, the unfolded basins show deeper and wider free-energy minima as the protein-water
interaction increases via the scaling values. These analyses suggest that the shape of the
free-energy landscapes of (AAQAA)3 does not change significantly with different scaling
parameters, λ, while the populations of folded and unfolded states are drastically altered.

The REMD simulation results of (AAQAA)3 suggest that the scaling parameter,
λ = 1.04, or larger values could underestimate the stability of α-helix, when it is applied
to CHARMM36m in conjunction with the modified TIP3P. Unexpectedly, the previously
proposed scaling parameter for CHARMM36, λ = 1.09, does not work well for (AAQAA)3.
Since the peptide contains only two types of amino acids (Ala and Gln), more through
tests are required to examine the applicability of λ = 1.03 in many other protein systems.
Hereafter, we mainly discuss two scaling parameters, λ = 1.00 and 1.03 and examine sev-
eral protein systems in dilute or crowded solution, whereas the results with λ = 1.09 are
presented in Supplementary Information.
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2.1.2. Chignolin

The folding of chignolin (PDB ID: 1UAO [56]), a β-hairpin forming protein with
10 amino-acid residues (sequence: GYDPETGTWG), is simulated with GaREUS [61], where
replica-exchange umbrella sampling (REUS) [63] and Gaussian accelerated MD (GaMD) [60]
are combined. Since a folding process of a β-hairpin takes longer time than α-helical pep-
tide, a powerful sampling method, such as GaREUS, is quite useful to get the converged
thermodynamics within reasonable computational times. Experimentally, chignolin is
reported to form both a stable β-hairpin and misfolded structures, where the folded popu-
lation from the NMR measurement is ~60%. We first test two scaling parameters, λ = 1.00,
and 1.03 for the GaREUS simulations of chignolin in water and compare them with λ = 1.09.

Figure 3a shows the probability densities along the Cα-RMSD with respect to the
NMR structure are shown. In the CHARMM36m paper [44], chignolin, and its double
mutant, CLN025 were simulated using REMD, showing the native populations of 2.6%
and 41%, respectively. Interestingly, the folded population in the simulation with λ = 1.00
(CHARMM36m) has increased to 27%, suggesting the superiority of sampling efficiency in
GaREUS compared to REMD for β-hairpin peptides. As λ increases, the folded conforma-
tions (RMSD < 2.2 Å) increases up to 33% for λ = 1.03. Note that the convergence check of
the folded population using different trajectory lengths indicates that folded populations
are well converged in the present simulation (Supplementary Figure S1). The decrease of
the folded population is observed for λ = 1.09 (22%) (Supplementary Figure S2). In compar-
ison, the folded population for λ = 1.09 is lower than those for λ = 1.00 and 1.03. Although
the populations for λ = 1.00 and 1.03 are still lower than the NMR measurement [56], the
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performance of CHARMM36m for the structure prediction of β-hairpin peptides is not too
bad as discussed in the original paper. Figure 3b shows the 2D-PMFs spanned with the
ASP3-GLY7 and ASP3-THR8 distances, d(ASP3 − GLY7) and d(ASP3 − THR8) which are
often used to describe the folded, misfolded, and unfolded states of chignolin [64]. As re-
vealed in the previous study, the regions around (d(ASP3 − GLY7), d(ASP3 − THR8))~(3 Å,
6 Å) and ~(6.5 Å, 3 Å) correspond to the folded and misfolded states. The overall shapes of
the 2D-PMFs for λ = 1.00 and λ = 1.03 are similar to each other. However, the misfolded
population for λ = 1.03 is slightly increased and the unfolded population is instead reduced
compared to that for λ = 1.00. It is interesting that the folded population of the β-hairpin in-
creases as the protein-water LJ interaction is slightly stronger, while the detailed mechanism
is still unknown.
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Residues 320-334 in the CTD are found to form a transient 𝛼-helix in the previous studies 
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(b) 2D-PMFs spanned with the ASP3-GLY7 and ASP3-THR8 distances for λ = 1.00 (left) and
1.03 (right).

2.1.3. TDP-43 in the CTD

Transactive response DNA binding protein 43 (TDP-43) is a versatile nucleic-acid
binding protein, playing a central role in amyotrophic lateral sclerosis (ALS) pathogen-
esis. TDP-43 consists of a well-folded N-terminal domain (NTD), two-highly conserved
RNA-recognition motifs (RPMs), and an unstructured prion-like C-terminal domain (CTD).
Residues 320–334 in the CTD are found to form a transient α-helix in the previous studies
with MD simulations and NMR spectroscopy [31]. We therefore select the residues 310–340
of TDP-43 as the second target system. In the simulations, we focus on the secondary
structure formation of TDP-43 in the CTD and use the GaMD method [60] as an enhanced
sampling method, which can reduce energy barriers between minimum energy states using
a GaMD boost potential. We performed ten replicas of GaMD simulations (each for 1 µs)
and took the averages of the fraction of helix in each residue. The effect of GaMD boost
potential was removed by the reweighting scheme with the cumulant expansion proposed
by Miao et al. [60].

The GaMD simulations were conducted with the scaling parameters of λ = 1.00 and
λ = 1.03 to make a comparison with the experiment (Figure 4). The fractions of helices show
large statistical errors, as the averaged values are just taken from ten independent GaMD
runs. Comparison of λ = 1.00 and 1.03 show a small reduction of helicity in the CTD of
TDP-43, as protein-water LJ interaction is stronger. For λ = 1.00, the computed helicity in
residues 320–330 (region I, sequence: PAMMAAQAA) is in accord with the experimental
values, while the helix formed around 335–345 (region II, sequence: GMMGMLASQQ) is
found to be too stabilized. The stability of helix of region II is reduced with λ = 1.03, while
the reduction of helicity in region I is also observed. In the case of λ = 1.09, the helicity
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of region II becomes close to the experimental observation, but the difference from the
experiment in region I is further emphasized (Supplementary Figure S3).
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Figure 4. Fraction of helix in the C-terminal domain of TDP-43 for the conditions of λ = 1.00 (blue)
and of λ = 1.03 (red), and for the NMR measurement (black). The helicity is evaluated through the
DSSP algorithm.

The results suggest that the 1.03 scaling of protein-water LJ interaction keeps major
structural features of TDP-43 in the CTD, with some differences from the NMR experimental
data. Rg of TDP-43 in the CTD with λ = 1.03 does not change from that with λ = 1.00
(Supplementary Figure S4). It suggests that the scattering function of TDP-43 corresponding
to the SAXS profile, which reflects the averaged feature of the protein structures, would
be unaltered using the present modification of protein-water LJ interactions. To reduce
helicity in the region II, fine tuning of the backbone torsional angles might be necessary
like the previous studies of AMBER ff99SBws-STQ [35].

2.2. Dynamics and Stability of Globular Proteins in Solution
c-Src Kinase

The c-Src kinase (PDB ID: 1Y57) [57] is one of the essential protein kinases, which
consists of the kinase domain (276 residues), SH2, and SH3 domains. Although these
two domains are necessary for the activation, we simulate only the kinase domain in water
as the previous computational works [65,66]. Five independent MD trajectories for each
value of λ (1.00 and 1.03) are analyzed to examine the effect of the scaling parameter, λ = 1.03,
on globular protein structures (Figure 5). For comparison, we also performed one MD
simulation for λ = 1.09, The distribution of the Cα-RMSDs excluding the residues near the
N- and C-terminals have a peak around ~2.5 Å for λ = 1.00 and 1.03 (Figure 5a), suggesting
that the kinase domain stability is kept in both cases. Interestingly, the population of the
native state (<3.0 Å) with λ = 1.03 slightly increases compared to that with λ = 1.00. The
distribution for λ = 1.09 shows a peak spreading around the RMSD of 4.5 Å, which is absent
in the cases of λ = 1.00 and 1.03 (Supplementary Figure S5). It indicates the distortion of
the kinase domain structure. Referring to Figure 5b, the Cα root mean square fluctuation
(Cα-RMSF) analysis shows that the difference is hardly discernible between λ = 1.00 and
λ = 1.03, except for the first 40 residues and the residues around 210–220.
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The time-series of the Cα-RMSDs with all the 276 residues in Supplementary Figure S6 reveal
larger deviations for λ = 1.03. This suggests that the conformational fluctuations near the
N- and C-terminals are enhanced as protein-water LJ interaction increases (with λ = 1.03).
The results of the Cα-RMSDs with and without N- or C-terminal residues (10 residues
for each terminal) are reasonable, since we do not change intra-protein interactions of
the CHARMM36m, but slightly emphasize protein-water interactions using the scaling
parameter of λ = 1.03. The latter seems to affect the motions of N- and C-terminal residues
in water, primarily, while the globular domain stability is almost unaltered. Note that the
Cα-RMSD and Cα-RMSF obtained from the MD simulations with the LJ scaling parameters,
λ = 1.00 and 1.03, are similar to those in a previous study using the AMBER ff99SB-ILDN [48].
Since the AMBER force field was tuned to reproduce the conformational dynamics and
stability of folded native structures, the results obtained here seem to be promising for
simulating the folded native protein structures in solution.

2.3. Structural Stability and Diffusivity of Globular Proteins in the Crowded Solutions

Finally, a small globular protein, villin headpiece subdomain (villin), was simulated
with the conventional MD simulations in dilute solution as well as in crowded solution.
Villin contains 35 amino-acid residues, composing of three α-helices [PDB ID: 1VII [58]].
Due to the small size and conformational stability, it was often used to test simulation
protocols, folding mechanisms [46], and the effect of macromolecular crowding and weak
non-specific interactions [25–27]. Here, we prepared two systems: in one system, a single
villin is simulated in water (dilute solution) and in the other, eight villins are simulated in
solution (crowded solution). Note that in the crowded solution, both target and crowder
proteins are villins. The concentration of the crowded solution is about 32 mM, which is
the same as those used in our previous study [27].

The time-series of Cα-RMSDs with respect to the crystal structure in the dilute solution
(Supplementary Figure S7a) reveals that villin keeps the native structure (2–3 Å) during
the simulations with λ = 1.00. As for λ = 1.03, the RMSDs fluctuate around 2–3 Å for five
trajectories, while one trajectory shows larger values of RMSD (~4 Å) as compared to the
others due to the orientational change of the N-terminal α-helix (Supplementary Figure S7b).
On the other hand, the structural characterization with the DSSP algorithm [67,68] reveals
that the native secondary structures in the native structure are well conserved for all the
trajectories (Figure 6a). In the crowded solution, most villins keep the structures close to
the native state (2–3 Å) with λ = 1.00 (Supplementary Figure S8a), while a partial unfolding
is observed in one of eight villins. This is rather consistent with our previous studies, which
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suggests the partial unfolding due to the weak and non-specific interactions. At λ = 1.03,
the number of villins showing the large fluctuation compared with the dilute solution
increases, while there was no unfolding trajectory in the eight villins (Supplementary
Figure S8b. The secondary structures are conserved in the crowded solution (Figure 6b),
which suggests that tertiary structures might be broken due to protein-protein interactions.
By further increasing the scaling factor up to λ = 1.09, the breakdown of the native structure
is observed both for the dilute and crowded solutions (Supplementary Figures S9 and S10).
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The translational diffusions of villin in the dilute and crowder solutions are examined.
Note that the diffusion coefficient depends on the system size due to the periodic boundary
condition (PBC). In the present study, we employ the correction proposed by Yeh and
Hummer [69], represented as

D = DMSD + DPBC(Rh, η, L), (2)

where DMSD and DPBC are the diffusion coefficient obtained from the slope of the mean
square displacement (MSD), and correction term for PBC defined from the hydrodynamic
radius of villin (Rh), solvent viscosity (η), and box length of the system (L). The value of
Rh is taken from HYDROPRO [70] estimation as 13.86 Å. The viscosity of the TIP3P water,
ηTIP3P = 0.35 cP [71], is used for the dilute solution. As for the crowder solution, the Einstein’s
relationship between the crowder volume fraction (φ) and viscosity of the crowder solution
(ηc) for suspension is employed. In addition, we utilize the viscosity correction to the diffusion
coefficient with the experimental water viscosity, ηexpt = 0.89 cP [72]. The corrected coefficient
is defined as D′. Further description is available in the Supplementary Information.

In dilute solution, the values of DMSD for λ = 1.00 and 1.03 obtained from the linear
fitting of the MSD at 30 ≤ t/ns ≤ 50 are also close to each other (Table 1). The corrected
coefficients (D′) are 0.19 and 0.20 nm2/ns for λ = 1.00 and 1.03, respectively. These values
after the PBC and viscosity corrections are in excellent agreement with that predicted from
HYDROPRO, 0.18 nm2/ns. Note that the HYDROPRO predictions are generally close to
the experimental values under the dilute condition, and hence this agreement indicates the
reliability of CHARMM36m with λ = 1.03 about the description of the diffusive properties
as well as the original CHARMM36m for the dilute solutions.

Table 1. Diffusion coefficients of villin in the dilute and crowder solutions with NBFIX 1.03 scaling
factor. The values for 1.00 scaling are shown in parenesis.

DMSD (nm2/ns) DPBC (nm2/ns) D (nm2/ns) D′ (nm2/ns)

Dilute 0.33 (0.30) 0.17 (0.17) 0.50 (0.48) 0.20 (0.19)
Crowded 0.048 (0.031) 0.15 (0.15) 0.20 (0.18) 0.077 (0.070)
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As for the crowder solution, the diffusion coefficients from the MSDs (DMSD) are
0.031 nm2/ns for λ = 1.00 and 0.048 nm2/ns for λ = 1.03, respectively (Figure 7b and
Table 1). Also, the diffusion coefficient with the PBC correction (DPBC is 0.20 nm2/ns)
is for λ = 1.03, which is close to that from CHARMM36 with λ = 1.09, 0.22 nm2/ns [27].
The small modification of protein-water LJ interaction leads to ~1.5 times acceleration
of translational motions, judging from MSD results (Figure 7b). These results suggest
that the optimal scaling parameter, λ = 1.03, does not change conformational stability of
globular proteins significantly, while it avoids from slowdown of translational diffusion for
proteins in crowded solution, probably reducing too sticky protein-protein interactions in
the MD simulations.

Molecules 2022, 27, x FOR PEER REVIEW 10 of 18 
 

 

close to the experimental values under the dilute condition, and hence this agreement in-
dicates the reliability of CHARMM36m with λ = 1.03 about the description of the diffusive 
properties as well as the original CHARMM36m for the dilute solutions. 

Table 1. Diffusion coefficients of villin in the dilute and crowder solutions with NBFIX 1.03 scaling 
factor. The values for 1.00 scaling are shown in parenesis. 

 𝑫𝐌𝐒𝐃 (𝐧𝐦𝟐/𝐧𝐬) 𝑫𝐏𝐁𝐂(𝐧𝐦𝟐/𝐧𝐬) 𝑫 (𝐧𝐦𝟐/𝐧𝐬) 𝑫  (𝐧𝐦𝟐/𝐧𝐬) 
Dilute 0.33 (0.30) 0.17 (0.17) 0.50 (0.48) 0.20 (0.19) 

Crowded 0.048 (0.031) 0.15 (0.15) 0.20 (0.18) 0.077 (0.070) 

As for the crowder solution, the diffusion coefficients from the MSDs (𝐷 ) are 0.031 nm /ns for λ = 1.00 and 0.048 nm /ns for λ = 1.03, respectively (Figure 7b and Ta-
ble 1). Also, the diffusion coefficient with the PBC correction (𝐷 ) is 0.20 nm /ns for 𝜆 = 1.03, which is close to that from CHARMM36 with λ = 1.09, 0.22 nm /ns [27]. The 
small modification of protein-water LJ interaction leads to ~1.5 times acceleration of trans-
lational motions, judging from MSD results (Figure 7b). These results suggest that the op-
timal scaling parameter, λ = 1.03, does not change conformational stability of globular 
proteins significantly, while it avoids from slowdown of translational diffusion for pro-
teins in crowded solution, probably reducing too sticky protein-protein interactions in the 
MD simulations. 

 
Figure 7. Mean square displacements (MSDs) of villin in (a) the dilute and (b) crowder solutions. 

2.4. Solvation Free Energies of Amino Acid Analogues 
So far, we used the single scaling parameter, λ, to modify protein-water LJ interac-

tions in MD simulations of peptides or proteins. To understand how the modification of 
the CHARMM36m affects molecular interactions between water and each amino acid, we 
compute the solvation free energies of the 14 amino acid homologs, associated with the 
solubility of molecules, through free energy perturbation (FEP) method (Figure 8). For all 
the species, CHARMM36, CHARMM36m (λ = 1.00), and the modified CHARMM36m (λ 
= 1.03) are compared to the experimental values of Δ𝐺  [73]. Figure 8 shows that all the 
calculations with λ = 1.03 become closer to the experimental results compared with others, 
suggesting that the modification seems to be valid for each amino acid. However, to 
achieve the quantitative agreement with the experiments, in particular, for the analogues 
of Asn, Gln, Met, Trp, and Tyr, a larger scaling factor is required. For instance, to achieve 
the quantitative agreement of solvation free-energies between FEP and experiments, 

Figure 7. Mean square displacements (MSDs) of villin in (a) the dilute and (b) crowder solutions.

2.4. Solvation Free Energies of Amino Acid Analogues

So far, we used the single scaling parameter, λ, to modify protein-water LJ interactions
in MD simulations of peptides or proteins. To understand how the modification of the
CHARMM36m affects molecular interactions between water and each amino acid, we
compute the solvation free energies of the 14 amino acid homologs, associated with the
solubility of molecules, through free energy perturbation (FEP) method (Figure 8). For
all the species, CHARMM36, CHARMM36m (λ = 1.00), and the modified CHARMM36m
(λ = 1.03) are compared to the experimental values of ∆Gsolv [73]. Figure 8 shows that all
the calculations with λ = 1.03 become closer to the experimental results compared with
others, suggesting that the modification seems to be valid for each amino acid. However,
to achieve the quantitative agreement with the experiments, in particular, for the analogues
of Asn, Gln, Met, Trp, and Tyr, a larger scaling factor is required. For instance, to achieve
the quantitative agreement of solvation free-energies between FEP and experiments, about
a 40% increase of protein-water LJ interactions (λ = 1.40) is necessary, which may not
be applicable to MD simulations of peptides and proteins in solution. To resolve this
inconsistency, furthermore careful tunings in molecular force fields are necessary not only
for proteins but also for water molecules.
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3. Discussion and Conclusions

In this study, we performed enhanced sampling MD simulations of small peptides
in dilute solution and conventional MD simulations of globular proteins in dilute and
crowded solutions using various scaling parameters of protein-water LJ interactions. For
CHARMM36m in conjunction with the modified TIP3P water models, about 10% increase
of the protein-water interaction affects peptide conformational stability significantly and
only small increases (up to 3%) is allowed to keep a good balance between protein-protein
and protein-water interactions. The modified force field is applicable not only to α-helical
but also β-hairpin peptides and globular proteins in dilute solution. As enhanced sam-
pling methods, we used REMD for (AAQAA)3, GaREUS for chignolin, and GaMD for
TDP-43 at the CTD in dilute solution. The GaREUS simulation for chignolin shows higher
populations of the folded conformation both for the original (λ = 1.00) and modified
(λ = 1.03) CHARMM36m. Note that the original CHARMM36m paper suggested much
lower population of the folded state using T-REMD simulation. The GaREUS can enhance
conformational sampling with the boost potential, replica-exchange, and umbrella potential
for collective variables, which is more suitable to study slow folding/unfolding simulations
of a β-hairpin peptide than T-REMD. It suggests the importance of enhanced conforma-
tional sampling methods for evaluating the quality of molecular force fields for different
peptides or proteins.

In crowded villin simulations, translational and rotational diffusive motions are sig-
nificantly affected by the small modification in the force field, keeping the conforma-
tional stability of villin compared to the simulation with the original CHARMM36m force
field. This suggests that 3% increase of protein-water LJ interactions reduces too much
sticky protein-protein interaction of the original force fields to avoid aggregation in the
high-concentration protein solution. It should be noted that the over sticky protein associa-
tion could lead to the underestimation of the protein diffusivity, and hence the modification
of the protein-water interactions proposed by the present study is useful for elucidating
the kinetics in the crowded environments.

For IDRs/IDPs simulations, the scaling of protein-water LJ interactions might not be
sufficient to explore disordered conformations in dilute and crowded solutions. Although
too much sticky protein-protein or intra-protein interactions are avoided, local conforma-
tional properties, such as dihedral angle distributions, should be simulated more carefully.
As introduced in AMBER ff99SBws-STQ, a careful high-tuning in the backbone dihedral
angle potential energy is useful in the simulations of IDRs/IDPs.

The test systems in this study include an α-helical peptide, (AAQAA)3, a β-hairpin
peptide, chignolin, a disordered region with some helical fraction, C-terminal TDP-43,
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globular proteins, c-Src kinase and villin in dilute and crowded solutions. Ideally, a
single molecular force field is applicable to such a variety of peptides and proteins in
different conditions, predicting their intrinsic structures, dynamics, and interactions at
high precisions. This study provides a minimal set for testing the quality of the existing
force fields.

4. Materials and Methods

All the MD simulations were performed using the GENESIS software [74,75].
CHARMM36m [44] with or without NBFIX corrections are used together with TIP3P
water model. After modeling each protein/peptide and adding water molecules and ions,
energy minimization was carried out and then short MD simulations were performed
for equilibration in NPT and NVT ensembles. The system temperature and pressure
were controlled using the Bussi thermostat/barostat [76] with a time step of 2 fs. Water
molecules and protein/peptide bonds involving hydrogens were constrained with SETTLE
and SHAKE [77], respectively. Long-range electrostatic interaction was calculated using
particle mesh Ewald (PME) method [78], while LJ interaction was smoothly reduced to
zero from 10–12 Å using a switch function.

4.1. (AAQAA)3

Initial structure of (AAQAA)3 was built as an extended conformation using VMD
plugin. The N- and C-terminal residues were capped with the acetyl and amide groups,
respectively. The peptide was solvated in a periodic box (63× 63× 63 Å3), which contained
7826 water molecules. Five NBFIX scaling values for protein-water interactions, λ = 1.00,
1.03, 1.04, 1.06, and 1.09, were tested. To explore a wide conformational space of (AAQAA)3,
including an α-helical, unfold, and extended structures, temperature replica-exchange
MD (T-REMD) [59] with 58 replicas were performed. The temperatures for 58 replicas
were 275.00, 276.64, 278.29, 279.95, 281.61, 283.29, 284.97, 286.66, 288.36, 290.07, 291.78,
293.50, 295.23, 296.97, 298.72, 300.48, 302.24, 304.02, 305.80, 307.59, 309.39, 311.20, 313.02,
314.84, 316.68, 318.50, 320.36, 322.22, 324.09, 325.97, 327.86, 329.75, 331.66, 333.58, 335.50,
337.44, 339.38, 341.34, 343.30, 345.27, 347.26, 349.24, 351.25, 353.26, 355.28, 357.31, 359.35,
361.40, 363.46, 365.53, 367.61, 369.71, 371.81, 373.92, 376.04, 378.17, 380.00, and 382.0 K,
respectively. The temperatures were determined using the web server, REMD Temperature
generator [79].

In production runs, each replica was simulated for 525 ns with NVT ensemble. Replica
exchanges were attempted every 1500-time step. The equations of motion were integrated
using the r-RESPA multiple time step method [80] with a 3.5 fs time step for fast motions
and a 7.0 fs time step for slow motions. To make the simulation trajectories stable, opti-
mized hydrogen repartitioning (HMR) and group-based temperature/pressure approach
(group T/P) [81] were employed. Structures and energies were written every 1500 steps.
Trajectories from 105 to 525 ns were used for analysis.

4.2. Chignolin

Initial structure of chignolin was taken from the protein data bank (PDB ID: 1UAO [56])
and was solvated in a periodic box (80 × 80 × 80 Å3). The simulation system consists of a
chignolin, 2 Na+, 17,500 water molecules. Three NBFIX scaling values for protein-water
interactions, λ = 1.00, 1.03, and 1.09 were tested. Since folding of chignolin is known
as slow processes, we used Gaussian accelerated replica-exchange umbrella sampling
(GaREUS) [61] as the enhanced sampling method. In GaREUS, global motions are enhanced
with the GaMD biasing potential, while umbrella potentials along the pre-defined collective
variables (CVs) were additionally used to enhance conformational sampling along the CVs.
In the simulations, we selected the Cα atom distance between Gly1 and Gly10 as a CV
in GaREUS. 24 replicas were simulated, each of which was characterized with harmonic
restraint forces along the CV. For λ = 1.00, the force constants and equilibrium distances
in the harmonic potentials of the 24 replicas are 0.5, 0.5, 0.5, 0.5, 0.5, 0.5, 0.5, 0.5, 0.5, 0.5,
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0.5, 0.5, 1.0, 1.0, 1.0, 1.0, 1.0, 1.0, 1.0, 1.0, 1.0, 1.0, 1.0, 1.0 kcal/mol/Å2 and 29.57, 28.32,
26.89, 25.54, 24.43999, 23.15999, 21.87, 20.53999, 19.33999, 18.11999, 16.91999, 15.64999,
14.51999, 13.66999, 12.69999, 11.80999, 10.87999, 9.86999, 8.85999, 8.06, 7.05, 6.35, 5.26,
4.0 Å, respectively. For λ = 1.03 and 1.09, those are 0.5, 0.5, 0.5, 0.5, 0.5, 0.5, 0.5, 0.5, 0.5,
0.5, 0.5, 0.5, 1.0, 1.0, 1.0, 1.0, 1.0, 1.0, 1.0, 1.0, 1.0, 1.0, 1.0, 1.0 kcal/mol/Å2 and 29.11998,
27.89998, 26.46998, 25.22998, 23.97998, 22.66998, 21.45998, 20.14998, 18.89998, 17.70998,
16.40998, 15.20999, 14.21999, 13.26999, 12.48999, 11.63999, 10.73999, 9.75999, 8.80, 7.89, 7.05,
6.14, 5.18, 4.0 Å, respectively. The boost potentials in GaMD for λ = 1.00 and 1.03 were
initially guessed from an initial 4-ns NVT simulation without boosting. After the initial
determination, the boost potentials were updated every 100 ps in a 5-ns NVT simulation
while boosting the system. The boost potentials obtained from λ = 1.03 were also used for
λ = 1.09. The thresholds in the boosting potentials are set to the lower bound. σ0 was set to
6 kcal/mol for both potentials.

In production runs, we performed 1-µs GaREUS simulations with NVT ensemble in
each replica for λ = 1.00 and 1.03, and 0.425-µs GaREUS simulation for λ = 1.09. To obtain
unbiased free-energy landscapes, the two-step reweighting scheme, which consists of the
second-order cumulant expansion for removing the GaMD biases and multistate Bennett
acceptance ratio (MBAR) [82] for harmonic restraint potentials in REUS, were applied to
the simulation trajectories. A 5-fs time step was used to integrate the equation of motion
using velocity Verlet integrator with HMR and group T/P. Structures and energies were
output every 1000 steps and every 500 steps, respectively. The first 0.1-µs in the GaREUS
simulation for each condition were omitted as equilibration.

4.3. TDP-43

The C-terminal domain of TDP-43 (residues 310-340) in water was simulated using
dual-boost GaMD [60]. The N- and C-terminal residues were capped with the acetyl and amide
groups, respectively. The peptide was solvated in a periodic box (65 × 65 × 65 Å3), which
contain 8395 water molecules, 24 Na+, and 24 Cl-. Three NBFIX scaling values, λ = 1.00,
1.03, and 1.09, were tested. Initial structure of TDP-43 was first built as an extended
conformation. The structure was collapsed using the short MD simulation in vacuum. In
dual-boost GaMD, one boost potential is applied to the dihedral and CMAP energy terms
and another to the total potential excluding the dihedral and CMAP energies. To obtain
the initial guesses of the both boosting potentials, the thresholds and force constants were
calculated from an initial 5-ns simulation without boosting. After the initial determination
of the GaMD parameters, the boost potentials were added to the system while continuing
the update of parameters every 100 ps in a 15-ns NVT simulation. The finally determined
parameters were used for production runs. The thresholds in the boosting potentials are
set to the lower bound. σ0 was set to 6 kcal/mol for both potentials.

In production runs, ten independent GaMD simulations for 1 µs each were performed
with NVT ensemble, and the results were averaged. A 5-fs time step was used to integrate
the equation of motion using velocity Verlet integrator with HMR and group T/P. To
analyze the GaMD simulation trajectories, we avoid the effect of GaMD biasing potential
using the reweighting scheme based on the cumulant expansions [60]. Structures and
energies were output every 20,000 steps and every 2000 steps, respectively. Trajectories
from 0.1 to 1 µs were used for analysis.

4.4. c-Src Kinase

Initial structure of c-Src kinase was taken from PDB (PDB ID: 1Y57 [57]) and was
solvated in a periodic box (102 × 102 × 102 Å3). The system consists of 103,592 atoms,
where c-Src kinase, 94 Na+, 89 Cl−, and 33,000 water molecules exist. Three NBFIX values
(1.00, 1.03 and 1.09) were used. Five independent conventional MD (cMD) simulations for
1 µs for λ = 1.00 and 1.03 were performed with NVT ensemble, while one simulation for
1 µs was done for λ = 1.09. The r-RESPA integrator with a 3.5 fs were employed with HMR
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and group T/P. Structures and energies were written every 6000 steps and every 3000 steps,
respectively. Trajectories from 0.2 to 1 µs were used for analysis.

4.5. Villin Crowding Solution

For the dilute system, one villin was solvated in a periodic box (102 × 102 × 102 Å3).
The system consists of 99,776 atoms, where villin, 89 Na+, 91 Cl−, and 33,000 water
molecules exist. Three NBFIX values (1.00, 1.03 and 1.09) were used. Five independent
cMD simulations for 1 µs each were performed with NVT ensemble for λ = 1.00 and 1.03.
As for λ = 1.09, one cMD simulation for 1 µs was performed. The r-RESPA integrator with
a 3.5 fs were employed with HMR and group T/P. Structures and energies were output
every 6000 steps and every 3000 steps, respectively. The first 0.2 µs trajectory for each was
omitted as equilibration.

For the crowded solution, eight villins were solvated in a periodic box (78 × 78 × 78 Å3).
Initial structure of villin was taken from PDB (PDB ID: 1VII [58]). The system consists of
42,262 atoms, where 8 villins, 34 Na+, 50 Cl−, 12,466 water molecules exist. Three NBFIX
values (1.00, 1.03, and 1.09) were used. The trajectory lengths of cMD simulations with NVT
ensemble are 1.5 µs for λ = 1.00 and 1.03, and 1.0 µs for λ = 1.09. The r-RESPA integrator
with a 3.5 fs were employed with HMR and group T/P. Structures and energies were output
every 15,000 steps and every 5000 steps, respectively. Trajectories from 0.2 to 1.5 µs were
used for analysis.

4.6. Amino-Acid Analogues

The 14 species of amino-acid side-chain analogues (Ala, Asn, Cys, Gln, Hsd, Ile, Leu,
Met, Phe, Ser, Thr, Trp, Tyr, and Val) were used for calculations of absolute solvation free
energies. The initial structure of each analogue was taken from the ChemSpider [83] and
PubChem databases. Force field parameters for the beta carbon were changed and one
hydrogen atom was added to the beta carbon [84]. 14 NBFIX values (λ = 1.00, 1.01, 1.02,
1.03, 1.04, 1.05, 1.06, 1.07, 1.08, 1.09, 1.1, 1.2, 1.3, and 1.4) were used. Each analogue was
solvated within a periodic box (50 × 50 × 50 Å3), which contains ~4000 water molecules.

For each analogue, the absolute solvation free energy was estimated as ∆Gsolv =
∆Gvacuum − ∆Gwater, where ∆Gwater and ∆Gvacuum are the free-energy changes upon anni-
hilating nonbonded interactions of the analogue in water and in vacuum, respectively.
∆Gwater and ∆Gvacuum were calculated using FEP/λ-REMD. In FEP/λ-REMD calculations,
the electrostatic and Lennard-Jones (LJ) interactions of the analogue are scaled by λelec and
λLJ, respectively. The following 24 windows were used with different coupling parameters:
λelec = 1, 0.9, 0.8, 0.7, 0.6, 0.5, 0.4, 0.3, 0.2, 0.1, 0, 0, 0, 0, 0, 0, 0, 0, 0, 0, 0, 0, 0, 0, and λLJ = 1, 1, 1,
1, 1, 1, 1, 1, 1, 1, 1, 0.9, 0.8, 0.7, 0.6, 0.5, 0.4, 0.3, 0.2, 0.15, 0.1, 0.05, 0.025, 0. In each calculation,
the simulation was run for 3 ns per each window with NPT ensemble, and trajectories from
1 to 3 ns were used for analysis. Replica exchanges were attempted every 800 steps. The
free-energy changes are estimated using the Bennett’s acceptance ratio (BAR) method. The
obtained trajectories are decomposed into three blocks. The mean and the standard error
were calculated using the block averages. For the water system, the r-RESPA integrator
with a 2.5 fs were employed. For the vacuum system, the velocity Verlet integrator with a
2.0-fs time step were employed, and instead of using PME, non-bonded interactions were
truncated at a cutoff distance of 1000 Å.

Supplementary Materials: The following supporting information can be downloaded at: https://
www.mdpi.com/article/10.3390/molecules27175726/s1, Scheme of computing diffusion coefficient
of villin; Figure S1: Convergence check of folded population of chignolin; Figure S2: Probability
densities along the Cα-RMSD of chignolin; Figure S3: Fraction helix of TDP-43 for λ = 1.09; Figure S4:
The radius of gyration, Rg, of TDP-43; Figure S5: Distribution of Cα-RMSD of c-Src kinase; Figure
S6: The Cα-RMSD of c-Src kinase in dilute solution; Figure S7: The Cα-RMSD of villin in dilute
solution; Figure S8: The Cα-RMSD of villin in crowded solution; Figure S9: The Cα-RMSD of villin
in the dilute and crowded solutions for λ = 1.09; Figure S10: The helicity of villin in the dilute and
crowded solutions.
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Abstract: Functional amyloid is produced by many organisms but is particularly well understood in
bacteria, where proteins such as CsgA (E. coli) and FapC (Pseudomonas) are assembled as functional
bacterial amyloid (FuBA) on the cell surface in a carefully optimized process. Besides a host of
helper proteins, FuBA formation is aided by multiple imperfect repeats which stabilize amyloid and
streamline the aggregation mechanism to a fast-track assembly dominated by primary nucleation.
These repeats, which are found in variable numbers in Pseudomonas, are most likely the structural
core of the fibrils, though we still lack experimental data to determine whether the repeats give rise to
β-helix structures via stacked β-hairpins (highly likely for CsgA) or more complicated arrangements
(possibly the case for FapC). The response of FuBA fibrillation to denaturants suggests that nucle-
ation and elongation involve equal amounts of folding, but protein chaperones preferentially target
nucleation for effective inhibition. Smart peptides can be designed based on these imperfect repeats
and modified with various flanking sequences to divert aggregation to less stable structures, leading
to a reduction in biofilm formation. Small molecules such as EGCG can also divert FuBA to less
organized structures, such as partially-folded oligomeric species, with the same detrimental effect on
biofilm. Finally, the strong tendency of FuBA to self-assemble can lead to the formation of very regular
two-dimensional amyloid films on structured surfaces such as graphite, which strongly implies future
use in biosensors or other nanobiomaterials. In summary, the properties of functional amyloid are a
much-needed corrective to the unfortunate association of amyloid with neurodegenerative disease
and a testimony to nature’s ability to get the best out of a protein fold.

Keywords: bacterial amyloid; biofilm; curli; FapC; imperfect repeats

1. Dedication to Sir Chris Dobson by Daniel Otzen

Chris was a luminary in his field—he lit up the literature on amyloid proteins like a
lighthouse, shining bright insight and knowledge into many different aspects of this part of
the protein universe. Aside from the prodigious outpouring of original research from him
and his group, not to mention his always inspiring and witty lectures (which were never
the same, despite his frequent stage appearances), the scientific landscape is dotted with his
incisive (and often single-author) reviews that appeared at a breathtaking pace over several
decades. For me, one of the real eye-openers was his 2003 review in Nature [1], simply titled
“Protein folding and misfolding,” which I read as soon as it came out. I leant heavily on it
to prepare a lecture for high-school teachers as part of a Danish “life-long learning” initiative
to keep these teachers informed about the latest developments in their fields. It struck
me as very appropriate to consult Chris in such a situation. Although I was reasonably
informed about the amyloid field at this stage, Chris’ magisterial overview revealed many
new aspects for me. One sentence in particular caught my attention: “Nevertheless, there
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is increasing evidence that the unique properties of amyloid structures have been exploited
by some species, including bacteria, fungi and even mammals, for specific (and carefully
regulated) purposes.”. This brought my hitherto unenlightened attention to the world
of functional amyloid, which had important consequences for me. It introduced me to
wonderful colleagues such as Matt Chapman (whose seminal work on curli and CsgA was
referenced by Chris in the above quote) and inspired me, along with fellow colleagues
such as Per Halkjær Nielsen and Morten Dueholm at my host institute (at the time Aalborg
University), to embark on a journey into the world of useful aggregation. We started by
showing that amyloid was all around us in the bacterial world [2,3] and then went on to
focus on some of those systems in more detail. That journey is still ongoing almost two
decades later, and we will use this opportunity to tell a little about our research in that area
in this paper. Thank you, Chris, for that tip!

2. The Conundrum of Protein Misfolding and Aggregation

Amyloids are highly organized, β-sheet-rich protein aggregates [4]. They can form
from a wide variety of different proteins, suggesting—as Chris Dobson vigorously and
convincingly emphasized—that proteins have a generic ability to form amyloid in addition
to their tendency to assume globular folds [4,5]. Indeed, in some cases (again as shown by
Chris and colleagues [5]), the amyloid state is more thermodynamically favorable than the
native state (Figure 1a). Fortunately, that does not mean that life automatically degenerates
to amyloid soup (although it may have started this way) [6]. This is due to several protective
mechanisms. One of these is the cooperative nature of protein folding [7]. As a result, only
a miniscule fraction of the protein population will be unfolded at any given time, and most
aggregation-prone regions remain safely tucked away into the protein interior [7]. Therefore,
proteins need to cross a high activation barrier to unfold and reach aggregation-prone states.
On top of that, they need to encounter and associate with other similarly conformationally
inclined molecules to start the aggregation reaction. These aspects combine to make
amyloid formation a kinetic, rather than a thermodynamic, challenge [5]. In addition, cells
contain protective mechanisms such as folding chaperones, which aid protein folding,
e.g., by screening aggregation-prone regions during folding and sequestering proteins in
compartments until they are safely folded [7]. Further, degradation mechanisms quickly
remove misfolded proteins in normally functioning cells [7]. Nevertheless, destabilization
of the native state (or stabilization of the denatured state) can reduce the kinetic barrier
between the folded and denatured state, leading to more frequent traffic between the
two states, leading to greater exposure of aggregation-prone regions [4]. The barrier to
unfolding is completely removed in intrinsically disordered proteins (IDPs), which are
largely disordered and only contain transient structure. For them, the only remaining
obstacle is the suite of intermolecular contacts and rearrangements that need to be made to
start the process of organized aggregation to the amyloid state [4] (Figure 1b).
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Figure 1. Schematic energy landscapes of globular proteins (a) and IDPs (b). Both energy landscapes
are split into two halves illustrating intramolecular contacts and intermolecular contacts. (a) The
globular folded protein is the conformation with the lowest energy based on intramolecular contacts.
However, aggregation can result in conformations that are even lower in energy, illustrating that
amyloid fibril formation is thermodynamically more favorable than the native state. (b) IDPs
exist in an ensemble of conformations that may have transient intra- and intermolecular contacts.
Intermolecular contacts leading to aggregation of IDPs can result in highly stable amyloid aggregates.
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3. Amyloids in Sickness and in Health

It follows from the above considerations that unwanted accumulation of amyloid
in vivo will be favored by either protein destabilization or the involvement of IDPs. Ex-
amples of the former include the protein transthyretin, a tetramer which upon mutagenic
destabilization can dissociate and misfold to amyloid structures, leading to cardiac amy-
loidosis [8]. Stabilization of the tetramer should in principle slow down or even prevent
disease progression. Indeed, the drug tafamidis (which binds to two otherwise empty
ligand-binding sites on the tetramer) does exactly that [9,10], making it the first and so far
only example of a clinically approved drug that specifically prevents amyloid formation.
Unfortunately, most amyloid-associated diseases involve proteins or peptides that are
IDPs [4], e.g., Parkinson’s (α-synuclein), Alzheimer’s disease (amyloid-β and tau) and
type-II diabetes (Islet amyloid polypeptide) [4,11–13]. They do not lend themselves to
such straightforward stabilizing ligand strategies as using tafamidis but require more
complicated approaches that somehow target the unwanted associated species without
compromising their (more) innocent precursors.

These misfolding diseases should not prevent us from appreciating some innately
striking features of amyloids: their stability and simplicity [14]. Their structure only re-
quires copies of a single type of protein which can rapidly stack up on top of each other to
form long fibrils [15]. Why not use these properties for something useful? Indeed, many or-
ganisms use amyloids for beneficial purposes, and so-called functional amyloids (usually
based on IDPs) are widespread among organisms and even exist in humans [16–20]. Bacte-
ria in particular have been very active in their exploitation of these self-assemblies [19–21],
which amongst other things can be used to strengthen the biofilm in which most bacteria
are embedded [19,20,22]. Although useful for the bacteria, biofilms are generally a nuisance
for humans, as they protect bacteria against physical, chemical and biological attacks. This
leads to increased antibiotic resistance of bacteria on surfaces such as wounds and medical
implants [23], but also in more innocuous settings, such as clothes, contact lenses, water
flow systems and even oil pipes [24]. Thus, even when an amyloid plays a useful role (for
some), there is strong motivation (for others) to prevent it from forming. Nevertheless,
their formation and structure are highly instructive and provide an excellent showcase
of how to control and benefit from a potentially proteotoxic fold. As we will describe in
greater detail below, the best-studied functional amyloids (those in E. coli and Pseudomonas)
are organized as multiple copies of relatively simple repeats, which lack structure in the
monomeric state but fold at the multimeric level in a simple but robust framework thanks
to a large number of stabilizing inter- and intramolecular contacts, which are built up in
a hierarchical manner. This is in stark contrast to pathological amyloid proteins where
there are no repeat sequences to provide an orderly framework for assembly; consequently,
many different aggregate types (polymorphs) exist which can form in different ways and
typically involve cytotoxic partially-folded intermediate states.

4. Functional Bacterial Amyloids

Matt Chapman and colleagues reported the first example of functional bacterial amy-
loid (FuBA), namely, curli in Escherichia coli (E. coli) [20], hence giving rise to the term
curliated E. coli. Since this discovery in 2002, numerous other FuBAs have been discovered,
including functional amyloid in Pseudomonas (Fap) [19,25]. The curli and Fap systems
remain the most well-characterized FuBA systems, and we will briefly introduce these
two systems.

5. The Curli System

The curli system is very widespread, occurring in several distinct phyla within the
bacterial kingdom [26]. Curli fibers, which extend into the extracellular matrix of E. coli,
are involved in biofilm formation and play a role in surface colonization and host-tissue
contact [20,27]. Curli fibers consist of two proteins, CsgA and CsgB, in vivo [20], of which
CsgA constitutes the vast majority [28]. While purified and isolated CsgA very readily
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and robustly forms fibrils on its own in vitro, the nucleator protein, CsgB, is essential for
correct CsgA aggregation in vivo [29]. The biogenesis of curli is tightly regulated and
involves five other proteins besides CsgA and CsgB. These are encoded from two operons
that are divergently linked, csgBAC and csgDEFG (Figure 2) [30] but which collaborate
in beautiful concord to orchestrate the carefully controlled production of curli projecting
from the surface of E. coli’s outer membrane. The transcription regulator, CsgD, activates
the expression of the curli subunits, CsgA and CsgB, from the csgBAC operon, in addition
to the periplasmic chaperone, CsgC [30]. The Sec export pathway is responsible for the
transport of all curli proteins across the inner membrane to the periplasmic space (except
the transcription activator, CsgD) [31]. Once in the periplasmic space, CsgA, CsgB, and
CsgF are further transported across the outer membrane through the outer membrane
pore-forming protein, CsgG [31]. CsgE forms a complex with the pore-forming protein,
CsgG, and functions as a gatekeeper for the secretion of CsgA and CsgB through CsgG by
recognizing outer-membrane signal sequences in CsgA and CsgB [32]. The nucleator CsgB
is transported to the cell surface, where it is attached to the outer membrane, stabilized by
contact with CsgF (Figure 2) [33]. CsgB is homologous to CsgA and presents a binding
surface for CsgA, which is secreted from the cell as an IDP, but fibrillates rapidly once it
makes contact with CsgB [29,34]. CsgC is a very efficient amyloid inhibitor/chaperone
which binds CsgA and CsgB during transport in the periplasmic space and maintains them
in the monomeric state, thereby inhibiting premature fibrillation of CsgA and CsgB [35,36].
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[40]. Like curli, Fap biogenesis requires several accessory proteins (FapA–F) whose roles 
appear to be similar to those in the curli system [41]. However, there are differences all 
the same. Unlike curli, Fap proteins are transcribed from a single operon (Figure 2) [19]. 
FapC is the main structural component of Fap fibrils, but they also contain smaller 
amounts of FapB and FapE [19,41]. FapB is predicted to be a nucleator protein analogous 
to CsgB [19,41]. The role of FapE is less clear but it was found to be essential for Fap se-
cretion [42]. The roles of FapA and FapD are unclear, but they are likely to be chaperones 
[19,41,42]. Curiously, deletion of FapA leads to Fap fibrils completely made of FapB [41]. 

Figure 2. The proteins involved in curli biogenesis are encoded from two divergently transcribed
operons, whereas the Fap proteins are encoded from a single operon. The proteins in both systems
are transported across the inner membrane through the Sec secretion pathway. The major amyloid
components of curli and Fap, CsgA and FapC, respectively, are kept monomeric with the help of
chaperone-like accessory proteins, during their transport through the periplasmic space. In each
system, the amyloid components are transported to the outer membrane, through their respective
pore proteins, CsgG (PDB ID 6SI7) and FapF (PDB ID 5O65). The nucleator proteins CsgB and FapB
prime the aggregation of CsgA and FapC, respectively, once the proteins have reached the outer
membrane. The insets show structural models of CsgA and FapC. Both CsgA and FapC are predicted
to form a β-helix, where the imperfect repeat sequences are stacked on top of each other.
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6. The Fap System

The curli and Fap systems are evolutionarily unrelated, yet their biogenesis is remark-
ably similar [19,20]. The Fap system is especially abundant within the Proteobacteria phy-
lum [37,38] and may contribute to the virulence of the pathological strain Pseudomonas aerug-
inosa (P. aeruginosa) [19,39], thanks to its ability to stabilize the biofilm mechanically [40].
Like curli, Fap biogenesis requires several accessory proteins (FapA–F) whose roles appear
to be similar to those in the curli system [41]. However, there are differences all the same.
Unlike curli, Fap proteins are transcribed from a single operon (Figure 2) [19]. FapC is the
main structural component of Fap fibrils, but they also contain smaller amounts of FapB
and FapE [19,41]. FapB is predicted to be a nucleator protein analogous to CsgB [19,41].
The role of FapE is less clear but it was found to be essential for Fap secretion [42]. The roles
of FapA and FapD are unclear, but they are likely to be chaperones [19,41,42]. Curiously,
deletion of FapA leads to Fap fibrils completely made of FapB [41]. Like the curli proteins,
the Fap proteins utilize the Sec transport pathway for transport across the inner mem-
brane [42]. Additionally, as in the curli system, a dedicated outer membrane pore protein
(FapF) allows transportation of FapB, FapC and FapE across the outer membrane [19,42].
However, FapF and CsgG are completely unrelated. FapF is a trimeric porin, each subunit
of which appears to be able to work as an independent channel [42], whereas CsgG is a
9-mer, and the individual subunits each contribute to the formation of a single channel [43].

Insets of amyloid structures are from [38,44]. The solved structures of CsgC and CsgE
have been deposited in the PDB with PDB IDs 2Y2Y and 2NA4, respectively.

7. The Major Curli Component, CsgA

The complicated and elegantly regulated biogenesis of curli and Fap illustrates that
these systems are evolutionarily top-tuned fibrillation machineries. This becomes even
clearer when we inspect the predicted structures of the major amyloid components, CsgA
and FapC, both of which contain multiple imperfect repeats.

8. Predicting FuBA Structure Is Easier Than Predicting Pathological Amyloid Structure

The difficulties in solving amyloid structure experimentally (e.g., due to their insoluble
and non-crystalline nature), have motivated the use of computational methods to predict
the structures of functional amyloids [30,38,44–48]. This has been applied particularly to
CsgA [30,44], the curli nucleator protein, CsgB [45,46] and FapC [38]. These amyloid struc-
ture predictions have primarily depended on multiple sequence alignment (MSA) to detect
patterns of co-evolutionary residue pairs, which often indicates residue-residue contacts in
the folded protein [49]. This method has appeared to work well for functional bacterial amy-
loids, which are functional in their fibril state and are evolutionarily widespread, allowing
MSA of many homologous proteins [30,38,44–48]. In addition, MSA has provided insight
into the polarity of bactofilin filaments from Thermus thermophilus, which complimented
cryo-electron microscopy data of the bactofilin filaments [48]. In contrast, MSA has little
relevance for pathological amyloids, whose aggregation results from misfolding rather
than evolutionary optimization [4] and often results in amyloids with a significant degree
of polymorphism and heterogeneity compared to functional amyloids [50]. The newly
released AlphaFold2 protein structure predictor is also based on co-evolutionary MSA
analysis, coupled with the training of a neural network based on protein structures from
the PDB [47,51]. AlphaFold2 is a promising tool for predicting structures of functional
amyloid [52]. FuBAs are an interesting test of the capabilities of AlphaFold, because they
are IDPs that gain structure upon association, but in contrast to pathological amyloids,
their final structure is the result of evolutionary pressure.

Evolution has also ensured that CsgA consists of five 19–23 residue-long imperfect
repeat sequences preceded by a 22-residue N22 sequence (Figure 3a,b) [30,44]. The overall
length of mature CsgA is 131 residues (after cleavage of a 20-residue inner membrane signal
sequence) [20]. All five repeats contain a Ser–Xxx5–Gln–Xxx4–Asn–Xxx–Ala–Xxx3–Gln
consensus sequence (Figure 3b) [53,54]. Each repeat sequence of CsgA is predicted to
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form a hairpin motif consisting of two β-strands linked by a β-turn (Figure 3a) [30,44].
These hairpins are stacked on top of each other, so that each strand engages with the other
hairpin strands, forming two parallel β-sheets side by side. The repeats are internally
connected by short (4–5 residue) loop sequences [44,55]. This arrangement results in a
β-helix structure [30,44–47]. Several studies have predicted similar β-helix structures of
CsgA based on in silico covariance analysis and molecular dynamics [30,44–47] which
are consistent with (admittedly limited) solid state NMR data [56]. However, the in silico
predictions cannot distinguish between a left-handed or right-handed β-helix, since they are
equally stable [44]. Frustratingly, CsgA structure predictions deposited in the AlphaFold
structure database also include both left- and right-handed β-helix predictions [47,51].
While the AlphaFold predictions of CsgA have not been submitted to peer review and
should be interpreted with caution, they are very similar to the previously peer-reviewed
predictions [30,44–47]. Despite these ambiguities, all in silico predictions of CsgA structures
consist of multiple parallel ladders resulting from the vertical alignment of conserved
residues. A hydrophobic core formed from “ladders” of L/I/M/V/A residues is flanked by
ladders of conserved Ser, Gln and Asn residues, which are predicted to form hydrogen-bond
networks (Figure 3c) [30,44–47].
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repeats R1–R5 stack on top of each other. Here a right-handed β-helix is shown that was predicted
using AlphaFold. (b) The primary sequence of CsgA contains an N22 signal sequence, which is
important for transport across the outer membrane through CsgG. The five imperfect repeats R1–R5
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Although the five repeat sequences of CsgA are similar, they differ from each other in
important ways. Repeats R2–R4 contain gatekeeper Asp and Gly residues which, given
their higher polarity, reduce the aggregation propensity of CsgA (Figure 3b) [57]. They are
called gatekeepers because their mutation to the corresponding residues found in R1 and R5
(Asp/Gly→ Asn/Ser/Leu/His) accelerates fibrillation markedly compared to wild-type
CsgA [57]; i.e., they serve to block (or reduce access to) certain types of interactions. They
do so by disrupting a sequence of residues with a certain physical-chemical profile, just
as we proposed for the amyloidogenic Aβ peptide [58]. Ironically, the more aggressive
aggregation of the gatekeeper-less CsgA mutant compromises bacterial viability and make
fibrillation independent of the helper proteins CsgB and CsgF, in vivo [57]. These obser-
vations underline an important point: too vigorous fibrillation is to be avoided because it
threatens efficient control over the fibrillation process [57]. Perhaps unsurprisingly, the two
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terminal repeats R1 and R5, which constitute the two flanks of each CsgA monomer, are the
most important repeats for driving the fibrillation of CsgA [59]. Exchanging either R1 or R5
with R3, resulting in the mutants R32345 or R12343, drastically reduces curli formation [59].
On the other hand, R1 and R5 are interchangeable, since R12341 and R52345 both form
curli fibrils that are indistinguishable from wild-type fibrils [59]. All this is corroborated at
the molecular level when the repeat sequences are synthesized as individual peptides and
allowed to fibrillate. The peptides fibrillate in the ranking R5 > R1 > R3, whereas R2 and
R4 do not fibrillate at all [53,59].

9. The Major Fap Component FapC: A Flexible Number of Imperfect Repeats and
Variable Linker Lengths

Like CsgA, FapC contains imperfect repeats [19]. FapC is a considerably longer protein
(250–340 residues, depending on the species [19]) than CsgA (131 residues), but only three
imperfect repeats are found in FapC, as opposed to five in CsgA [19]. In Pseudomonas sp.
UK4 (where we originally discovered FapC [19]), the three repeat sequences of FapC
are each about 34 residues long, and are connected by two linker sequences of 31 and
39 residues, respectively [19]. These sequences are clearly much longer than the tight turns
found in CsgA. The Fap operon is found within three classes of the phylum Proteobacteria,
where FapC is found to vary considerably in length due to variations both in linker length
(70 in Pseudomonas sp. UK4 but 160 in Pseudomonas aeruginosa) and in the number of
imperfect repeats (three in most species but up to 16 in Vibrio) [37]. Nevertheless, the
same combination of covariance-derived restraints and molecular dynamics used for CsgA
also led to a predicted β-helix structure for FapC in which each repeat forms a β-hairpin
(Figure 4a) [38].
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Like CsgA, the imperfect repeats of FapC contain conserved Ser, Ala, Gln and Asn
residues (Figure 4c) [19]. The longer repeat sequences and linkers in FapC relative to
CsgA [19,20] indicate a less streamlined design could be attributed to the Fap system’s
evolutionary youthfulness compared to the curli system. That is, FapC has not yet had
time to lose some of its unordered parts protruding from its lateral regions (Figure 4b) [37].
However, there are also other possibilities. Structural prediction of FapC by AlphaFold
results in a markedly different type of structure which integrates the entire sequence
into a highly structured fold (Figure 4d). Here, both the predicted repeat sequences, the
linkers and the N-terminal sequence form stacked β-strands in the core of protein. In this
predicted structure, the N-terminal and the linkers L1 and L2 stack on top of each other
and form “ladders” of conserved residues, just like the repeat sequences (Figure 4e). There
is a good deal of evidence that the repeat sequences are the main driving forces of the
amyloidogenicity of FapC [19,60,61]. Systematic removal of repeat sequences from FapC
has two important consequences: it makes FapC more vulnerable to fragmentation during
fibrillation [61] and it reduces the stability of mature FapC fibrils [60]. FuBA stability is
here quantified as resistance to dissolution in formic acid [60], one of the few solvents
able to reduce FapC to monomers that are visible on SDS-PAGE [19,20]. Formic acid has a
pKa of 3.75 so is not a particularly strong acid [62], but the high concentration needed to
dissolve FuBA (~17 M formic acid is needed to dissolve 50% of wildtype FapC [60]) leads
to a combination of low pH (<2) and a high concentration of organic solvent, which seems
to do the trick [60].

Remarkably, FapC is able to fibrillate even after the complete removal of repeat
sequences (although the fibrils are enormously destabilized against formic acid), indicating
that the linker regions of FapC play a role in fibrillation (or at least step in as amyloid
substituents if the main drivers are removed) [61,63,64]. This is supported by our study
on the effect of denaturants on FuBA fibrillation [63], which suggested paradoxically that
removal of FapC repeats increases the amount of buried surface area per protein molecule.
That is, that the number of residues in the fibril backbone increased once we removed
two or three repeat sequences [63]. The best explanation for this observation is that the
linker regions step in to become part of the fibril backbone, once the “proper” amyloid
components (repeat sequences) are removed. Currently this remains speculative; however,
AlphaFold predictions of a series of different deletions of FapC show quite dramatic changes
in structure once two or three repeats are removed (Figure 5), vindicating the observed
dramatic changes in stability [61]. Interestingly, in computational disorder predictions of
FapC, the repeat sequences obtained higher scores of disorder propensity compared to the
linker regions [63]. This is in good agreement with previous systematic analysis which
showed a clear relationship between intrinsic disorder and amyloid propensity [61]. The
hypothetical structure of a FapC homologue from Acidothiobacillus with eight imperfect
repeats assigns one “layer” to each repeat in an 8-layer β-helix (Figure 5). Clearly, it will
be very exciting to see the experimental structure of FapC once it is hopefully revealed
by CryoEM.
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There is an important biological lesson in these observations which reinforces the con-
clusions from gatekeeper residues in CsgA. Uncontrolled aggregation through secondary
processes, such as fragmentation or nucleation along the sides of the fibrils, is undesirable
because it can lead to runaway processes which accelerate exponentially (i.e., go from
baseline to saturation in a very short time). In contrast, primary processes (nucleation
followed by elongation) occur at a much more moderate rate, leading to a steady increase
in fibril growth over a longer time course which is compatible with the time scales of bac-
terial growth and biofilm consolidation [66]. Indeed, there is good evidence that primary
processes dominate in benign aggregation and secondary processes in pathological ditto
(G. Meisl et al. and T.P.J. Knowles, unpublished observations). This may rationalize why
FuBAs, under normal conditions, are not cytotoxic to their host organisms [57], and pro-
vides more insight into the cytotoxicity of pathological amyloids in human diseases [67,68].

10. Probing FuBA Fibrillation as Folding Steps with Denaturants: Similar Folding
during Nucleation and Elongation Activation Steps

The fact that CsgA and FapC are evolutionarily unrelated yet remarkably similar
gives us a unique chance to better understand the “design” of amyloid. How do unre-
lated amyloids converge to relatively similar design blueprints? [63]. Monomeric CsgA is
very unstructured according to hydrogen-deuterium exchange [69], light scattering, single
fiber AFM-analysis [70], secondary structure determination [71] and NMR studies on the
pre-amyloid state [72] and MD simulations of peptide segments of CsgA [73]. However,
upon association, CsgA folds into a uniform amyloid state in what appears to be a simple
two-state model [69,70]. FapC appears to follow the same model [74]. Thus, the aggregation
of both proteins is analogous to the folding of globular proteins, and should therefore be
subject to the same type of scrutiny, e.g., using denaturants such as urea and guanidinium
chloride. Titration of proteins with increasing concentrations of denaturant typically leads
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to a sigmoidal equilibrium unfolding curve [75], which is extensively used to study protein
stability and folding [76]. Denaturants generally favor unfolded states by preferential bind-
ing, so the larger the surface area available for binding, the more the protein is stabilized.
The free energy of unfolding depends linearly on denaturant concentration with a slope
called the m-value, which is proportional to the increase in surface area associated with
the unfolding step [77,78]. Thus, the m-value directly reports on the extent of folding. This
applies both to equilibrium values and kinetics; in the latter case, m-values report on the
difference in surface area between the ground state (e.g., the native state) and the transition
state. Since denaturants decrease folding rates, they would also be expected to reduce
aggregation rates—unless aggregation requires prior unfolding from a native state. Thus,
denaturants reduce the rate of amyloid formation by the IDPs Aβ40 and Aβ42 (which do
not need to unfold before aggregating) [79,80] but increase rates for aggregation of the
globular protein insulin [81]. The situation is much less complex with FuBA: Urea reduces
both the nucleation rate and the elongation rate of both CsgA and FapC [63], and m-values
for nucleation and elongation are very similar, suggesting a similar degree of structural
consolidation (folding, i.e., burial of surface area) in nucleation and elongation. That is,
elongation of FuBA is a natural extension of nucleation. Interestingly, for the FapC mutant
lacking all three imperfect repeats, we see an increase in m-values, suggesting that more of
the protein sequence is integrated into the amyloid core, which again is consistent with the
concept of “stand-by” amyloidogenic sequences stepping up to form fibrillar regions once
the core amyloidogenic repeats have been removed (Figure 6).
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tion sheds more light on the folding events accompanying fibrillation. Removal of imperfect repeats
leads to a more compact but much less stable fibril, suggesting mobilization of the linker regions to
form amyloid. Modified from [63].

The simplicity of FuBA folding is revealed in other ways. In globular protein folding
kinetics, a tell-tale sign of folding intermediates is the lack of linearity or roll-over at low de-
naturant concentrations in chevron plots (log folding rate constants vs. [denaturant]) [77,78].
Conversely, strict linearity implies simple two-state folding. Both CsgA and FapC show a
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log-linear relationship between elongation rate constants and [urea] between 0 and 8 M
urea [63]. This rules out detectable intermediates during FuBA elongation, in contrast to
Aβ1-40, which was recently proposed to go through a “frustrated” complex intermedi-
ate [82]. This is manifested as in increase in the elongation rate of Aβ up to 1.5 M urea [82],
after which there is a decrease in the elongation rate, as described by other groups for
both Aβ1-40 and Aβ1-42 [79,80]. For globular proteins, an increase in folding rate with
[denaturant] at low [denaturant] is evidence of an off-pathway species which has to unfold
back to the denatured state for folding to proceed [83,84]. This usually gives way to a more
conventional decline in folding rates at higher [denaturant], so the off-pathway species is
destabilized and does not accumulate. Similarly, the increase in elongation rate of Aβ at
low [urea] can be seen as a destabilization of the “frustrated” (off-pathway) intermediate
which leads to a “smoothing” of the energy landscape and causes less kinetic trapping
in the intermediate state [82]. The apparent lack of any frustrated intermediate in FuBA
elongation indicates that this is a “cleaner” two-state process with a single harmonious
folding step [63].

Nevertheless, there is an important difference between the nucleation and elongation
steps: molecular chaperones which inhibit fibrillation of CsgA and FapC primarily target
the nucleation step [85] and not the elongation step. We reached this conclusion after
analyzing four different human chaperones and the curli chaperone CsgC. Remarkably,
the best chaperone was not CsgC but the human protein DNAJB6 which works at such
low sub-stoichiometric ratios that it most likely blocks growth of the nucleus itself rather
than the isolated monomer; this also explains its preference for nucleation rather than
elongation. This common mode of action by completely unrelated chaperones is a strong
reflection of the simplicity of bacterial amyloid formation, and primary nucleation is
the main step generating new fibrils. At the same time, the fact that so many different
chaperones with no evolutionary relationship to each other can target the same (optimized)
aggregators suggests a commonality of anti-amyloid activities across nature, perhaps driven
by the recognition of amyloidogenic hotspots within the primary structure. In support of
this, CsgC can inhibit human αSN fibrillation [35,86] and reduces both CsgA and FapC
fibrillation in vitro [36]. The specific molecular basis for chaperone action must remain
speculative, though the efficiency of inhibition seems to scale with affinity of binding to the
monomeric state [85]. In addition, we note that FapC is more resistant to chaperone action
than CsgA, and this may reflect the presence of less amyloidogenic sequences in between
the imperfect repeats which sterically hinder effective chaperone binding.

11. Structure-Based Design of Anti-FuBA Peptides

Given that pathological and functional amyloid have different aggregation strategies,
do we need to combat their formation in different ways? We can address this question
by considering how they respond to specific modulators, such as peptides [87]. Given
that amyloid forms through self-recognition, peptides based on the sequence of the target
protein are likely to influence aggregation by binding to the protein and thus affect its
ability to bind to other copies of the same protein [88–90]. This means that the most
important step in peptide design is to identify the most aggregation-prone regions (APR) of
a given protein. To appreciate this, we need to consider a strategy that has recently emerged
from the Schymkowitz-Rousseau SWITCH laboratory, namely, the ability to induce the
aggregation of proteins that are otherwise not amyloidogenic (Figure 7).
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APR in globular proteins normally hide in the hydrophobic core of the protein where
they avoid contact with other proteins; they only become problematic when they are
exposed, e.g., during protein biosynthesis where the nascent polypeptide chain emerges
from the ribosome and has not yet folded [92,93]. Thus, if a peptide encoding the APR is
present in the cell at this stage, it may trap the protein in a misfolded state which can be
maintained and used to accumulate additional aggregates by complexing with other copies
of the same trapped protein. This strategy has been exploited to induce simultaneous
aggregation of many endogenous proteins in a whole range of hosts, ranging from plants
and animals to bacteria [91]. The ability to target vital bacterial proteins makes APR
peptides potential antibiotics [92,93]. The strategy involves the prediction of APRs in the
target protein using computational algorithms [94], followed by the design of peptides
containing the APR of the target protein, e.g., tandem repeats of the APR, flanked by
charged gatekeeper residues to increase solubility (Figure 7). Such peptides have proven
effective in Staphylococcus epidermidis and E. coli strains [92,93]. We have used the same
method to target CsgA in E. coli. This may seem pointless given that CsgA is supposed
to aggregate anyway, but the advantage of the APR approach is to alter the nature of the
ensuing aggregate. Incorporation of peptides into CsgA leads to non-functional aggregates
which are less stable than the original CsgA fibrils and reduce biofilm formation [95].

Using a peptide microarray displaying the whole CsgA sequence as staggered arrays
of 14-mer peptides, we measured which peptides were particularly good at binding to
full-length CsgA. In this way we identified three segments in CsgA which appeared to
be the main drivers of CsgA-CsgA interactions: the R3 and terminal R1 and R5 repeats.
Additional computational analysis of the aggregation profile of CsgA showed that R1 and
R5 contain some of the most aggregation-prone segments. The terminal repeats of CsgA
have previously been experimentally verified to form amyloid-like aggregates [96,97], and
we therefore decided to focus primarily on APRs within the terminal repeats of CsgA. This
is further supported by the predicted β-helical structure of CsgA, which implies that curli
amyloid fibrils are formed through stacking of CsgA monomers by intermolecular R1–R5
contacts [45,98,99]. APRs identified in R1 and R5 were then used as the basis for the design
of tandem repeat peptides consisting of two identical hepta-sequences (containing the APR
identified in either R1 or R5) linked by a flexible (Gly–Ser) or rigid (Pro–Pro) linker. The
peptides pushed CsgA to form destabilized aggregates which were less stable towards
formic acid and had a different morphology than untreated CsgA according to transmission
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electron microscopy. We suspect that the peptides work by interacting with monomeric
CsgA to promote aggregation into non-native CsgA aggregates.

APRs can be used not only to promote aggregation, but also to block aggregation
by blocking the interaction between fibril ends and incoming monomers [100]. This com-
putational design approach uses the APRs of experimentally solved amyloid structures
from the PDB as templates; it measures the effect of peptide docking onto the fibril end
of the template structures using the FoldX force field [100]. In addition to using an APR
amyloid core template from the PDB, the peptide inhibitor calculations can be based on a
computationally predicted APR amyloid core template, e.g., predicted from the Cordax
method [101]. This approach was extended to the design of structure-based anti-CsgA
peptides [95]. Insertions of R and W residues were predicted in silico to have high potential
for fibril end-capping [95,100]. We therefore supplemented our anti-CsgA peptide library
by designing peptides aimed to “cap” fibril ends by incorporation of Arg and Trp residues
into the APR regions of our peptides [100]. Multiple CsgA-targeting peptides worked
rapidly on CsgA, inducing a prompt increase in turbidity of the samples [95]. Remarkably,
multiple peptides also modulated the fibrillation of FapC, which is possible by binding to
FapC segments which are similar to CsgA in terms of sequence and/or structure.

The final proof is an “application-relevant” test, i.e., the impact of the peptides on
FuBA fibrillation in a biofilm. Indeed, several peptides reduced biofilm formation in both
E. coli and P. aeruginosa, indicating that our peptides modulated CsgA and FapC fibril-
lation, in vivo. It is likely that some peptides predominantly function by an “induction
mechanism,” where peptides interact with monomeric CsgA and divert the protein into
non-native aggregates. This mechanism is supported by the fact that some peptides caused
rapid formation of destabilized aggregates with different morphologies, which are much
less resistant to formic acid compared to untreated fibrils. Other peptides may work by
a “capping mechanism,” where peptides are bound to fibril ends, which blocks further
elongation through charge repulsion and steric hindrance. The fibril end “capping” mecha-
nism is supported by our observation that some peptides almost completely suppressed
the presence of a sigmoidal thioflavin T fibrillation curve. The peptides designed as fibril
end “cappers” appeared to work more efficiently in vitro than the peptides designed to
induce non-native aggregation, because they resulted in prompter suppression of the CsgA
fibrillation and in higher fibril destabilization towards formic acid. However, both types
of anti-CsgA peptide strategies appeared to work well in in vivo anti-biofilm assays. A
possible explanation for this could be that the peptides are likely taken up by the bacte-
ria and may therefore work intracellularly. Positively charged residues in peptides have
been shown to enhance uptake by bacteria [102]. Our most effective peptides contained
4–9 Arg residues, and the reduction in biofilm formation correlated with the number of
Arg residues. Clearly there is scope for more development in this area to target different
aspects of bacterial growth and biofilm formation.

12. Using Small Molecules and Polyphenols to Target FuBA and Biofilm

Besides smart peptides, another way to target FuBA is to use small molecules acting
as aggregation inhibitors. A prime example is the polyphenol epigallocatechin-3-gallate
(EGCG) (Figure 8a), which inhibits the formation of both pathological amyloid [103–106]
and FuBA [40]. Although EGCG has shown promising pre-clinical results against patholog-
ical amyloids, the compound has not successfully passed clinical trials, possibly because of
low chemical stability in vivo (it is prone to epimerization and auto-oxidation above pH
6 [107]) and limited penetration of the blood–brain barrier [106,108]. While EGCG also can
inhibit the formation of bacterial amyloid and reduce biofilm formation [40,109], stability
issues have also hampered its clinical use against infections [110–112]. Nevertheless, EGCG
and other (suitably stabilized) small molecules could target biofilm formation in three
complementary ways:

(i) Biofilm regulation: Impacts on biochemical processes inside or outside the bacterial
cell that regulate biofilm formation. For example, EGCG disrupts quorum-sensing
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(QS) signaling by increasing the binding of pyocyanin (a central QS molecule) to
FapC fibrils in P. aeruginosa [40]. EGCG also activates expression of the small non-
coding RNA molecule RybB that binds to initiation codon of the csgD mRNA and
inhibits expression of the curli transcription factor CsgD, thereby down-regulating
production of the two main components of E. coli biofilm, namely, curli and pEtN-
cellulose (bacterial cellulose where every second glucose group is modified with
phosphoethanolamine) [109,113].

(ii) General antibacterial effects: Reduction of biofilm formation at the source, i.e., antimi-
crobial mechanisms such as disruption of the bacterial cell membrane or inhibition of
fatty acid synthesis and enzyme activity [114–116].

(iii) Direct inhibition: EGCG is known to inhibit fibrillation of amyloidogenic monomers
secreted from bacteria and remodeling preformed fibrils to amorphous aggregates [40].
EGCG interacts with FapC monomers and redirects it to relatively stable off-pathway
oligomers [117], just as is seen for proteins and peptides involved in neurodegenera-
tive diseases such as α-synuclein and Aβ [118]. As with chaperones [85], the main
target of inhibition is the nucleation phase, and FapC/CsgA monomers are redirected
to off-pathway oligomers [119]. These off-pathway oligomers are SDS-stable and con-
tain a mixture of β-sheets and random coils [120]. This inhibition of FapC fibrillation
can take place even in the presence of amyloid inducers such as SDS, rhamnolipids
and LPS [121]. By combining a peptide microarray and the EGCG-binding compound
Nitro blue tetrazolium, we have shown that EGCG binds to amyloidogenic hot spots
containing the sequence “GVNVAA” in repeats R2 and R3 and even linker regions
of FapC sequence [117,122]. Small-angle X-ray scattering measurements revealed a
core-shell structure for FapC off-pathway oligomers that consist of ~7 monomers with
a 25–26 nm short-axis diameter, which is much bigger than would be expected for
on-pathway fibril precursors (~ 10 nm) [117].
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There have been many structure–activity studies on EGCG and its sub-scaffolds, such
as gallic acid (three hydroxyl groups on a benzoic acid ring), catechin, epicatechin and
3-hydroxytyrosol. However, intact EGCG remains the most effective inhibitor, highlight-
ing the advantages of combining multiple polyphenolic groups. As a logical extension,
structures such as penta-O-galloyl-β-d-glucose (PGG) that contain five gallic acid groups
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on a central glucose actually slightly surpass EGCG and show stronger inhibitory ef-
fects [117,119,123]. Nevertheless, a fundamental weakness is that the gallic acid groups
in both EGCG and PGG are attached to the core of the molecule via ester bonds that
are not completely stable above pH 7 [117]. In vitro studies have identified numerous
potential alternatives to polyphenols for inhibiting amyloid formation based on in vitro
studies [124–126], but their use in vivo is a challenge. Fortunately, there is a growing
number of studies highlighting the loading of small molecules into nanoparticles, such as
lipid vesicles or polymer-coated albumin aggregates [127–131]. This packaging improves
the ability to cross the blood–brain barrier (for therapy) or penetrate biofilm (to combat
functional amyloid), allowing the small molecules to target amyloidogenic monomers.

Small molecules may also induce the fibrillation of amyloids, as demonstrated with
4,4′-bipyridine (4BPY) (Figure 8b), which induces Aβ fibrillation in vitro [132]. The nitrogen
atoms of 4BPY are capable of hydrogen bonding with the -COOH group of the peptides’
C-termini in surface adsorbed peptide assemblies (Figure 8c) [132]. These play a role in our
final topic, namely, the ability to assemble bacterial amyloid in an organized fashion on a
surface.

13. Functional Bacterial Amyloid as a Bionanomaterial

Functional bacterial amyloids are built to last. The fibrillation of CsgA is remarkably
robust and can take place under a wide range of conditions, including extreme values of
pH [71] and at high denaturant concentrations [63]. Mature CsgA fibrils are also very stable
once formed and can withstand high denaturant concentrations and boiling SDS [20,63,133].
In contrast to pathological amyloids, the fibrils formed from CsgA appear to lack poly-
morphism, suggesting very precise and steady assembly [134]. In addition, CsgA can
tolerate quite substantial modifications, e.g., by fusion to large proteins without losing
its ability to fibrillate [135,136]. Together, these abilities have motivated the development
of several different CsgA-based bionanomaterials [137–142]. Among the examples are
the fusions of polypeptides which provide completely new functionalities to CsgA, such
as increased binding to various types of inorganic substrates, including silica, graphene
and silver nanoparticles [136,137,139]. Even more flexibility of CsgA-fusion proteins has
been demonstrated using the versatile SpyCatcher-SpyTag technology, which allows a
“switch-like” covalent coupling of virtually any other SpyCatcher-tagged heterologous
protein to Spy-tagged CsgA [136,137]. Interestingly, even unmodified CsgA can effectively
bind many different surfaces, including highly hydrophilic or hydrophobic substrates,
and the resulting CsgA protein coatings are very robust against harsh conditions [137,143].
The research of protein interactions with abiotic surfaces is important because as new
nanomaterials are being developed, it opens new possibilities for developing novel hybrid
bionanomaterials. The effective CsgA fibrillation and the robustness of the final assem-
blies, combined with CsgA’s high tolerance for protein engineering, makes it a promising
candidate for producing novel bionanomaterial [144,145].

14. Steering FuBA Assemblies Using the Structured Surface of Graphene

One example of such novel bionanomaterials builds on graphene, a carbon nanomate-
rial (CN) made of sp [2] bonded carbon atoms connected in a planar hexagonal (honeycomb)
lattice [146,147]. Graphene consists of a single planar level of the hexagonal lattice and is
one atom thick. Graphene can be produced from graphite, which is simply stacked sheets
of graphene. Graphite is both produced by the mining of natural sources and synthesized
from high-molecular-weight hydrocarbons [148]. The interactions between amyloids and
CN are especially interesting. Both the fibrillation kinetics and the final amyloid assemblies
can be drastically modulated by CNs [149]. Interestingly, CN can cause either inhibition or
induction of amyloid fibrillation [149]. Spherical fullerenes (also known as C60) can bind the
hydrophobic motif KLVFF in Aβ and inhibit fibrillation [150]. On the other hand, graphite
has been demonstrated to promote the formation of β-strand-dominated assemblies asso-
ciated with amyloid formation from peptides which are initially dominated by α-helical
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and random-coil secondary structures [149,151–153]. Additionally, the final assemblies of
amyloids can be modulated by CN [149]. There is growing evidence that structural patterns
in the graphite lattice can be templates for the assembly of amyloids [149,154–156]. CsgA
aggregation is stimulated by graphite (Figure 9a), and it forms very systematic β-strand
rich assemblies on highly oriented pyrolytic graphite (HOPG), manifested as lamellar-like
structures using scanning tunneling microscopy (STM) analysis (Figure 9b) [157]. The
assemblies are large (>10,000 nm [2]) and do not represent individual fibrils, as observed in
other studies, but are instead uninterrupted “film-like” assemblies. The distance between
β-strands is ~4.8 Å, and β-strand lengths (~4 nm) are very systematic and correlated over
longer distances. Further, the directions of the assemblies appeared to be controlled by
the underlying graphite lattice (always with an angle of 60◦ with respect to each other)
(Figure 9c), which led to the expected 4.9 Å separation if the peptides were arranged
orthogonally to the sides of the hexagon (Figure 9d). MD simulations have indicated that a
CsgA-derived peptide initially adsorbs unstructured clusters which gradually mature into
lamellar-like structures in directions guided by the graphite lattice [157].

Finally, the orientation of CsgA peptides can be controlled using the small chaperone-
like 4BPY (which hydrogen-bonds to the C-terminus of a peptide sequence [158]), allowing
precise and tailored assembly of CsgA peptides on graphite. While individual 4BPY
tethering molecules are clearly visible on surfaces assembled with short peptides, they are
not seen with full-length CsgA. It is possible that full-length CsgA’s strong preference for
ordered assembly (i.e., the avidity effect of having multiple beta-strand motifs available
within one polypeptide chain combined with strong van der Waals interactions with
graphene) overrules the need for co-assembly with 4BPY. This nicely underlines the strong
innate self-organizing principles inherent in functional amyloid.
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Figure 9. Effect of a structured surface on CsgA self-assembly. (a) Graphite nanoparticles promote
aggregation of CsgA in vitro. (b) STM image of full-length CsgA deposited on HOPG. The five
parallel white bars in the lower left corner highlight adjacent β-strands; the orthogonally placed
white bar in the upper right corner measures the average distance over 10 strands to be ca. 4.8 Å.
(c) STM image illustrates the 3 preferred orientations of full-length CsgA on HOPG (angles illustrated
in the insert) and their orientation relative to the HOPG orthogonal structure. (d) The positions of
individual strands in these arrangements are dictated by the orientation of the graphene atoms and
lead to a strand distance of 4.9 Å. Adapted from [157].
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exciting discussions with Chris on amyloid fibrils, in particular, the role of supersaturation.

Abstract: The supersaturation of a solution refers to a non-equilibrium phase in which the solution is
trapped in a soluble state, even though the solute’s concentration is greater than its thermodynamic
solubility. Upon breaking supersaturation, crystals form and the concentration of the solute decreases
to its thermodynamic solubility. Soon after the discovery of the prion phenomena, it was recognized
that prion disease transmission and propagation share some similarities with the process of crystalliza-
tion. Subsequent studies exploring the structural and functional association between amyloid fibrils
and amyloidoses solidified this paradigm. However, recent studies have not necessarily focused on
supersaturation, possibly because of marked advancements in structural studies clarifying the atomic
structures of amyloid fibrils. On the other hand, there is increasing evidence that supersaturation
plays a critical role in the formation of amyloid fibrils and the onset of amyloidosis. Here, we review
the recent evidence that supersaturation plays a role in linking unfolding/folding and amyloid fibril
formation. We also introduce the HANABI (HANdai Amyloid Burst Inducer) system, which enables
high-throughput analysis of amyloid fibril formation by the ultrasonication-triggered breakdown of
supersaturation. In addition to structural studies, studies based on solubility and supersaturation
are essential both to developing a comprehensive understanding of amyloid fibrils and their roles in
amyloidosis, and to developing therapeutic strategies.

Keywords: amyloid fibrils; amorphous aggregation; amyloid β; β2-microglobulin; protein misfolding;
solubility; supersaturation; ultrasonication

1. Supersaturation

Supersaturation is a fundamental natural principle, determining the phases (i.e.,
vapor, liquid, and solid) of substances [1–6]. Supersaturation of a solution refers to a
non-equilibrium phase in which, although the solute’s concentration is higher than its
thermodynamic solubility, the solute molecules remain soluble for an extended period
because of a high free-energy barrier to nucleation. Upon nucleation and crystal formation,
the concentration of the solute decreases to its thermodynamic solubility. The supersatura-
tion phenomenon is common in the temperature-dependent liquid–solid or vapor–liquid
phase transitions of substances, with one well-known example being the super-cooling
of water prior to ice formation. In general, supersaturation is required for the formation
of crystals [2]. Supersaturation has been shown to play a role in other ordered protein
associations, such as in the fiber formation of hemoglobin S, the molecular basis of sickle
cell anemia [7,8]. Supersaturation also plays a role in various types of lithiasis, including
urolithiasis, cholelithiasis, and gout, where crystals of calcium oxalate, cholesterol, and uric
acid are formed, respectively [9].

A general phase diagram of protein solubility dependent on the precipitant concen-
tration illustrates the role of supersaturation (Figure 1) [3,5,10–12]. The phase diagram
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consists of a soluble region (Region I), a metastable region (Region II), a labile region (Re-
gion III), and an amorphous region (Region IV). Below solubility (Region I), monomers are
thermodynamically stable. In the metastable region (Region II), supersaturation is thought
to persist in the absence of seeding or agitation. In the labile region (Region III), sponta-
neous nucleation occurs after a certain lag time. Finally, the amorphous region (Region
IV) is dominated by amorphous aggregation occurring without a lag time, possibly by the
concomitant formation of many nuclei. It is important to note that, after crystallization or
amorphous aggregation, the soluble protein concentration becomes equal to the solubility.
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Figure 1. Protein and precipitant concentration-dependent phase diagram common to native crystals
and aggregates of denatured proteins. Regions I, II, III, and IV represent undersaturation, the
metastable region, the labile region, and the amorphous region, respectively. Crystallization and
amyloid fibril formation occur from regions II and III. The figure was modified from So et al. [6], with
permission. Copyright 2016 Elsevier.

Supersaturation is quantified in several ways; often used are the supersaturation ratio
(S) and the degree of supersaturation (σ) [2,5]:

S = [C]/[C]C (1)

σ = ([C]− [C]C)/[C]C (2)

where [C] and [C]C are the initial solute’s concentration and thermodynamic solubility,
respectively. S and σ are 1 and 0, respectively, at the boundary between Regions I and II,
and they increase in Region III with an increase in precipitant concentration (i.e., the driving
force of precipitation). In Region IV, amorphous aggregation without a lag time makes
evaluations of S or σ difficult. The driving force of nucleation for crystallization is assumed
to be proportional to lnS [2]. It is also assumed that the nucleation rate is proportional to
the inverse of lag time [13–15].

The physicochemical mechanisms underlying supersaturation have been studied ex-
tensively. One of the classical mechanisms underlying supersaturation is the difficulty
of nucleation, as modeled for actin polymerization by Oosawa and Kasai [16]; another is
classical nucleation theory [17]. However, subsequent studies suggest a more complicated
mechanism of supersaturation, in which solutes form a kinetically trapped state, which is
located on the distinct pathway(s) to the formation of crystals. Using molecular dynamics
simulations, Matsumoto et al. [18,19] showed that the microscopic homochiral domains,
which are more energetically stable than average but cannot grow into macroscopic ice
structures due to geometrical frustrations, are the major constituent of supercooled liquid
water. Studies with small-angle X-ray scattering [20,21], small-angle neutron scattering [22],
and dynamic light scattering [23,24] have suggested that equilibrium clusters or networks
of solutes with increased stability play a role in maintaining supersaturation. Matsushita
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et al. [25,26] studied the solution structures of supersaturated sodium acetate and hen
egg white lysozyme (HEWL) with diffracted X-ray tracking, and showed that nanoscale
networks with increased dynamics and stability are responsible for supersaturation phe-
nomena. These studies generated a new view of supersaturation: it is a kinetically trapped
“stable” state, rather than a state before the high barrier of nucleation, as was suggested by
the classical actin polymerization model [16].

On other hand, recent work on crystal nucleation focuses on highly concentrated
disordered droplets observed before crystallization [4,5,27,28]. More recently, Yamazaki
et al. [29] used time-resolved liquid-cell transmission electron microscopy (TEM) to perform
an in situ observation of the nucleation of HEWL native crystals. Their TEM images re-
vealed that amorphous solid particles act as heterogeneous nucleation sites. Their findings
represent a significant departure from the two-step nucleation and growth mechanism,
and suggest that amorphous particle-dependent heterogeneous nucleation is the dominant
mechanism of spontaneous crystallization under supersaturation. Amorphous aggregate-
assisted amyloid formation was suggested under conditions where oligomer formation
is a rare event [30]. We also observed the amorphous oligomeric aggregate-dependent
acceleration of HEWL amyloid formation under supersaturation [31]. Taken together, these
studies demonstrate that, although supersaturation is an evident phenomenon, there is
still uncertainty as to the physicochemical mechanisms that underlie the development,
retention, and breakdown of supersaturation, as well as the role of supersaturation in
crystal nucleation.

2. Amyloid Fibril Formation
2.1. Similarity with Crystal Formation

As reviewed previously [6], soon after the discovery of prion phenomena such as kuru
and scrapie diseases, it was recognized that prion disease transmission and propagation
share some similarities with the process of crystallization [32]. In other words, supersatu-
ration was considered to be an important factor underlying prion diseases. Subsequent
studies exploring the structural and functional association between amyloid fibrils and
amyloidosis solidified this developing paradigm [6,33,34]. The key pieces of evidence
supporting this link were that: (i) spontaneous amyloid formation occurs by a nucleation
and growth mechanism, requiring a long lag time, (ii) seeding is an efficient approach
for accelerating amyloid formation by escaping the high energy barrier associated with
nucleation, and (iii) amorphous aggregates predominate under solute conditions well
above solubility.

A useful literary analogy that captures the similarities between amyloid fibril forma-
tion and crystallization has been [35] drawn from Kurt Vonnegut’s novel Cat’s Cradle [36].
In this fictional work, ice 9, a high temperature ice nucleus (stable at 45.8 ◦C) is created
to help troops escape from mud; however, it is revealed to be an Armageddon device:
once a small block of ice 9 is exposed to water, it starts a world-wide water ‘freeze’ due to
seed-dependent propagation.

However, recent studies have not necessarily focused on supersaturation, possibly
because of marked advancements in structural studies clarifying the atomic structures
of amyloid fibrils based on the X-ray crystallographic, solid-state NMR, and cryoEM ap-
proaches [37–42]. Now, the mechanisms of amyloid formation, distinct disease phenotypes,
and familial amyloidosis are discussed, based on the atomic structures of amyloid fibrils,
their polymorphs, and the effects of mutations on amyloid structures.

On the other hand, there is increasing evidence that supersaturation plays a critical role
in the onset of amyloidosis. Investigations into the temporal evolution of major biomarkers
of Alzheimer’s disease [43,44] in the onset and progression of clinical symptoms have
shown that concentrations of amyloid β(1-42) peptide (Aβ(1-42)) in the cerebrospinal fluid
(CSF) decline 25 and 15 years before expected symptom onset and Aβ(1-42) deposition,
respectively. Similar decreases in the concentration of α-synuclein (αSN) were reported
for Parkinson’s disease [45–49]. Here, the supersaturation hypothesis provides a simple
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physical explanation as to why CSF Aβ(1-42) or αSN decreases concomitantly with the
deposition of amyloid fibrils [6,50]. The increase in the Aβ(1-40) / Aβ(1–42) ratio for plasma
of individuals with Alzheimer’s disease [51] might also be explained by the supersaturation
hypothesis: the breakdown of supersaturation decreases the soluble concentration of
Aβ(1-42) more than that of Aβ(1-40). Moreover, the effects of polyphosphates [52,53],
strong acids [54], the isoelectric point [55], or other additives [15,56] indicate that various
conditions enhance the driving force of amyloid formation, and that the breakdown of
supersaturation is essential to trigger this reaction. Vendruscolo and colleagues addressed
the role of supersaturation from a different viewpoint [57,58], stating that the proteins most
at risk for aggregation within the cell are those with high expression levels with respect
to their solubilities. To achieve a comprehensive understanding of amyloid fibrils and to
develop therapeutic strategies, studies based on solubility and supersaturation are essential.
This article considers the progress made since the review article published in 2016 [6] on
the role of supersaturation in amyloid fibril formation.

2.2. Supersaturation-Veiled Amyloid Formation Revealed by Heating under Agitation

β2-microglobulin (β2m), a globular β-barrel protein with 99 amino acid residues
and an immunoglobulin fold, is responsible for dialysis-related amyloidosis [59–61]; it
is one of the most extensively studied amyloidogenic proteins, because it allows for the
detailed study both of protein unfolding/folding and of amyloid fibril formation [39,62–71].
Although amyloid deposits of β2m in dialysis patients are observed at a neutral pH,
amyloid formation in vitro has been difficult to detect at a neutral pH because of its resistant
native structure [11,62,72]. To further understand the mechanism of amyloid formation
in vivo, Noji et al. [12] investigated the association between protein folding/unfolding and
misfolding leading to amyloid formation (Figure 2).
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Figure 2. Heating- and agitation-dependent amyloid formation of proteins. According to their
aggregation behavior, Type S, A, and B proteins were defined. Left: ThT assays upon heating in
the presence (upper) or absence (lower) of stirring. The intensities of ThT fluorescence and LS are
indicated by blue and red lines, respectively. n = 3. Middle: TEM images of the samples after heating
in the presence (upper) or absence (lower) of stirring. Right: Structures of proteins used with their
names and pdb codes. The figure was created based on Noji et al. [2].
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The researchers examined the heat denaturation of β2m with or without stirrer agita-
tion; they also monitored amyloid formation via the amyloid-specific thioflavin T (ThT)
fluorescence, and the total amount of aggregates via light scattering (LS). They found that
β2m efficiently forms amyloid fibrils even at a neutral pH by heating under agitation.
They constructed temperature- and NaCl concentration-dependent conformational phase
diagrams in the presence or absence of agitation (Figure 3), illustrating how amyloid for-
mation under neutral pH conditions is related to thermal unfolding and the breakdown of
supersaturation.
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before and after the linkage of folding and misfolding transitions. (A) Temperature dependencies of
thermodynamic parameters (∆G(T), ∆H(T), and T∆S(T)) for folding (Mechanism 1, panel (i)) and
amyloid formation (Mechanism 2, panel (ii)). Fractions of N, D, and P states for folding (panel (iii)),
amyloid formation (panel (iv)), and their linked conditions (panel (v)) are also shown. The plots were
made using 0.1 mg/mL β2m, 1.0 M NaCl, and pH 7.0. (B) Phase diagrams for folding/unfolding
(Mechanism 1, panel (i)), amyloid misfolding (Mechanism 2, panel (ii)), and their linked conditions
(panel (iii)). Lines show the simulated phase boundaries at 0.1 mg/mL β2m and pH 7.0. The figure
was modified from Noji et al. [12].

Before the breakdown of supersaturation, a “protein concentration-independent”
two-state mechanism applies.

D 
 N (Mechanism 1),

The equilibrium constant (KN) and Gibbs free energy change of folding (∆GN) are
given by Equations (3) and (4), respectively.

KN = [N]/[D] (3)

∆GN = −RT ln KN (4)

Here, R and T are the gas constant and the temperature T in Kelvin, respectively.
Consideration of the temperature dependences of the thermodynamic parameters (i.e., ∆GN,
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enthalpy change (∆HN), and entropy change (∆SN)) leads to the temperature-dependent
changes in fractions of [N] and [D] (Figure 3, see [12] in detail). The combined effects
of entropy and enthalpy terms lead to heat- and cold-denaturations [73], although cold-
denaturation does not occur for β2m above 0 ◦C.

Although the detailed mechanisms of amyloid formation remain elusive [14], a simpli-
fied model (Mechanism 2) is valid for describing the equilibrium between monomers (D)
and polymeric amyloid fibrils (P) [33,34,62,64]:

P + D 
 P (Mechanism 2)

The elongation of fibrils is defined by the equilibrium association constant (KPol) as:

KPol =
[P]

[P][D]
(5)

The equilibrium is independent of the molar concentration of amyloid fibrils, [P].
Hence, the equilibrium monomer concentration [D]C is:

[D]C =
1

KPol
(6)

[D]C is referred to as the “critical concentration” [33,34,64,74] because amyloid fibrils
form when the concentration of monomers exceeds [D]C. It is noted that [D]C corresponds
to [C]C in Equations [1] and [2]. By determining [D]C, the apparent free energy change of
amyloid formation (∆GPol) is obtained by:

∆GPol = −RT ln KPol = RT ln[D]C (7)

Assuming that the Gibbs free energy equations (i.e., ∆GPol(T), ∆HPol(T), and ∆SPol(T))
also hold true for polymeric amyloid fibrils [12,64,74], and that the heat capacity change
upon amyloid formation is the same as that of protein folding, temperature-dependent
changes of ∆GN and fractions of [N], [D], and [P] can be obtained (Figure 3, see [12] for
detail). As is the case for the native state, heat- and cold-denaturations of amyloid fibrils
are expected.

Upon the breakdown of supersaturation, a three-state mechanism between the native,
unfolded, and “protein concentration-dependent” amyloid states determines the overall
equilibrium. The transition from the two-state mechanism to the three-state mechanism
shifts the overall equilibrium in the direction of amyloid fibrils, apparently destabilizing
the native state by the law of mass action (Figure 3B). The results suggest that heating and
agitation play important roles in the onset of amyloidosis.

One of the most important findings of a series of studies by Goto and colleagues is that
supersaturation-dependent amyloid formation is comprehensively and exactly understood
by combining the unfolding/refolding conformational transition under supersaturation,
and amyloid formation after the breakdown of supersaturation (Figure 3). As long as
we consider monomeric proteins, the former is independent of protein concentration,
while the latter is critically dependent on protein concentration (i.e., solubility). Although
many studies have addressed the relationship between protein folding and misfolding and
schematic folding funnels or energy landscapes [75–77], the exact unification of these two
processes, which is in fact simple, has not previously been presented.

2.3. Generality of the Supersaturation-Limited Amyloid Formation

To address the generality of the link between reversible unfolding/refolding under
supersaturation and amyloid formation after the breakdown of supersaturation as revealed
by β2m, Noji et al. [78] examined the heat denaturation of various proteins with or without
stirrer agitation. The study included not only typical amyloidogenic proteins, but also
several textbook proteins used previously in folding/unfolding studies (Figure 2).
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According to their aggregation behavior, three types of proteins can be defined.
Type S proteins: The first type of protein shows a strict dependence on agitation for

amyloid formation at high temperatures. Noji et al. [78] call this transition the “strictly
supersaturation-dependent transition” or “S transition”. Proteins exhibiting S transitions
include those with a native conformation (β2m, variable (VL) and constant (CL) domains of
antibody light chain, HEWL, and ribonuclease A (RNaseA)) and αSyn. Most interestingly,
wild-type RNaseA forms amyloid fibrils upon heating under stirring. The hinge-loop-
expanded mutant of RNaseA was reported to generate amyloid-like fibrils via 3D domain
swapping, whereas the wild-type RNaseA did not [79,80]. Transthyretin (TTR) at pH 2.0
and 0.1 M NaCl can also be included in Type S, although TTR at a neutral pH tends to form
amorphous aggregates [81].

Type A proteins: The second type of protein exhibits spontaneous amyloid formation
at high temperatures even without agitation. Noji et al. [78] refer to this type of transition
as “autonomous amyloid-forming transition” or “A transition”. Type A proteins include
insulin, glucagon, islet amyloid polypeptide (IAPP), and Aβ(1-40). In other words, the
high amyloidogenicity of these relatively short amyloid peptides does not exhibit intrinsic
barriers preventing amyloid formation.

Type B proteins: The third type of protein often produces amorphous aggregates at
high temperatures without a lag phase. Noji et al. [78] call this transition the “boiled egg-like
transition” or “B transition”. Type B proteins (i.e., TDP-43, tau, and ovalbumin (OVA) [82])
are relatively large, and it is possible that their overall amorphous characteristics include
amyloid cores (β-spines), producing a “fuzzy coat” morphology [83].

Noji et al. [78] showed that these three types (S, A, and B) of transitions with distinct
responses to heating can be located on a general aggregation phase diagram, based on the
driving forces of precipitation and protein solubility [12,84,85] (Figure 4A). The S, A, and B
transitions are indicated by green, orange, and purple arrows, respectively. This type of
diagram is often used to illustrate the crystallization and amorphous precipitation of native
proteins and, moreover, for solutes in general (Figure 1) [10].
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Figure 4. General schematic conformational phase diagram and the three transitions. Three types of
amyloidogenic proteins were plotted on a general phase diagram of aggregation (A), and diagrams of
average hydrophobicity vs. number of amino acid residues (B) or ∆Sconf (C). In c, ∆Sconf represents
an increase upon denaturation of the main chain with (points within the frame) and without (points
outside the frame) the contribution of disulfide bonds. The figure was reproduced from Noji et al. [78].

Thus, the S, A, and B transitions represent those from below solubility (Region I) to
the metastable region (Region II), the labile region (Region III), and the amorphous region
(Region IV), respectively. These transitions indicate that, with an increase in the driving
force of precipitation at high temperatures, the aggregation behavior followed exactly as
expected for solutes in general [10].
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In terms of the phase diagram of conformational states (Figure 4A), stirring or ultra-
sonication is a kinetic factor modifying the apparent phase diagram. It is likely that the
boundary between the metastable and labile regions is shifted downward upon agitation,
decreasing the barrier of supersaturation and inducing spontaneous amyloid formation [3].

To address the mechanism underlying the distinct amyloidogenic transitions, Noji
et al. [78] examined the relationship between transition types (i.e., S, A and B types) and
various factors which might determine these types (Figure 4B,C). It is evident that the total
residue number (abscissa) is the most dominant factor in determining the different types.
Then, the hydrophobic score showed a notable correlation with the distinct amyloid types.
When viewed from the perspective of size and hydrophobicity (Figure 4B), the S proteins
had a moderate size and moderate hydrophobicity, the A proteins had a short length and
high hydrophobicity, and the B proteins had a long length and low hydrophobicity.

Another important factor is the disulfide bond [84,86,87]. The reduction in disulfide
bonds often reduces amyloidogenicity, as demonstrated for β2m: under acidic conditions,
the S-type transition changed to the B-type. These functions of disulfide bonds suggest that
a more appropriate scale for evaluating the different types of amyloidogenic proteins is
based on the “conformational flexibility of the denatured state”.

Although the effects of disulfide bonds in reducing conformational entropy have been
addressed [73,88], they are in fact minor in comparison with intrinsic ∆Sconf (Figure 4C).
More importantly, the disulfide bonds stabilize hydrophobic cores that persist in the
denatured state and thus increase amyloidogenicity, as demonstrated for acid-denatured
β2m [84,87]. Taken together, the synergetic effects of disulfide bonds (i.e., decreasing the
intrinsic conformational entropy and stabilizing the hydrophobic cores) lead to a significant
decrease in the flexibility of the denatured states.

3. HANABI, an Ultrasonication-Forced Amyloid Fibril Inducer
3.1. Ultrasonication-Dependent Breakdown of Supersaturation

Ultrasonication, conventionally used for amplifying seed amyloid fibrils [62,89,90], is
an effective agitation method that triggers the nucleation process [91–95]. By combining an
ultrasonicator and a microplate reader, Umemoto et al. [96] developed the HANdai Amy-
loid Burst Inducer (HANABI) system, which enables high-throughput analysis of amyloid
fibril formation [95]. With the HANABI system, ultrasonic irradiation was performed in a
water bath; the plate was then moved to the microplate reader, and ThT fluorescence was
monitored. These three processes were repeated automatically based on programmed time
schedules. Moreover, the plate was moved along the x–y axes in sequence, to ultrasonicate
the 96 wells evenly.

Kakuda et al. [97] used the HANABI system to amplify and detect αSN aggregates
with seeding activity from CSF, and investigated the correlation between seeding activity
and clinical indicators. The seeding activity of CSF correlated with the levels of αSN
oligomers measured by an enzyme-linked immunosorbent assay. Moreover, the seeding
activity of CSF from patients with Parkinson’s disease was higher than that of the control
patients. Notably, the lag time of patients with Parkinson’s disease was significantly
correlated with the 123I-meta-iodobenzylguanidine (MIBG) heart-to-mediastinum (H/M)
ratio, one of the most specific radiological features of Parkinson’s diseases and dementia
with Lewy bodies. These findings showed that the HANABI assay can evaluate the seeding
activity of CSF by amplifying misfolded α-synuclein aggregates.

Although the original HANABI system promoted ultrasonication efficacy, several
challenges remained. In general, the acoustic field in a sample solution could not remain
the same because of changes in temperature, the volume of the water, and the distribution
of the dissolved gases in the water bath. Specifically, in the original HANABI system,
the fluorescence signal was acquired from the upper surface of the microplate, which
was significantly affected by water droplets on the microplate because of the high-power
ultrasonication.
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Nakajima et al. [98] developed a HANABI-2000 system with an optimized sonoreactor
for the amyloid-fibril assay, which improved the reproducibility and controllability of the
amyloid fibril formation [95] (Figure 5). First, the water bath was eliminated in order to
achieve a reproducible analysis. A single rod-shaped ultrasonic transducer was placed
on each sample solution in an assay plate. The resonant frequency of the transducer was
30 kHz, which was optimized for accelerating amyloid fibril formation [99]. Second, a
microphone was placed below the assay plate to measure the acoustic intensity of each
sample solution. The acoustic intensity measurement allows for the acoustic field in
each well to be controlled by individually regulating the voltage and frequency of the
driving signal applied to each transducer. Third, a photodetector was placed beneath the
microplate to measure the fluorescent signal, which improves the signal-to-noise ratio of
the fluorescence measurement because of the absence of the water bath.
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Using the acid-denatured β2m monomer solution, Nakajima et al. [98] demonstrated
that achieving identical acoustic conditions by controlling the oscillation amplitude and fre-
quency of each transducer results in synchronized amyloid fibril formation behavior across
36 solutions with a coefficient of variation (CV) of 22% for a half-time (thalf) (Figure 5C).

They then succeeded in detecting 100-fM seeds at an accelerated rate. Moreover, they
revealed that acceleration of the amyloid fibril formation reaction with the seeds is achieved
by enhancing the primary nucleation and fibril fragmentation. These results suggested
the efficacy of HANABI-2000 in the diagnosis of amyloidosis owing to the accelerative
seed detection, and the possibility of further early-stage diagnosis even without seeds
through the accelerated primary nucleation (i.e., the identification of susceptibility risk
biomarkers [49]).

Nakajima et al. [99] studied the molecular mechanism underlying the ultrasonication-
dependent acceleration of amyloid fibril formation. They showed that ultrasonic cavitation
bubbles behave as catalysts for nucleation: the nucleation reaction is highly dependent on
the frequency and pressure of acoustic waves and, under optimal acoustic conditions, the
reaction-rate constant for nucleation increased by three orders of magnitude. A theoretical
model was proposed to explain the markedly frequency- and pressure-dependent nucle-
ation; in this model, monomers are captured on the bubble’s surface during its growth and
are highly condensed by the subsequent collapse of the bubble, so that they are transiently
exposed to high temperatures [99]. Thus, the dual effects of local condensation and local
heating contribute to markedly enhancing the nucleation reaction.
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3.2. Comparison of Ultrasonication and Shaking on Breaking Supersaturation

Although both ultrasonication and shaking are effectively used to induce amyloid
fibril formation and propagation, the difference between them remained unclear until
recently [89,100–103]. Nakajima et al. [104] compared ultrasonication and shaking with
respect to the morphology and structure of resultant β2m aggregates, the kinetics of
amyloid fibril formation, and seed-detection sensitivity. They focused on thalf, the time
required for exhibiting half of the maximal ThT fluorescence, and constructed a heat map,
which describes the phase diagram of β2m aggregation. The experimental results show
that ultrasonication markedly promotes amyloid formation, especially in dilute monomer
solutions; it also induces short-dispersed fibrils, and is capable of detecting ultra-trace-
concentration seeds with a detection limit of 10 fM.

Most importantly, they indicated that ultrasonication highly alters the energy land-
scape of an aggregation reaction due to the effects of ultrasonic cavitation. Under shak-
ing (Figure 6B), the metastable region becomes narrower than that under quiescence
(Figure 6A), showing that shaking induces a downward shift in the metastable−labile
boundary, whereas it has only minimal effects on the labile−amorphous boundary. On the
other hand, ultrasonication not only causes a significant downward shift in the metastable−
labile boundary but also an upward shift in the labile−amorphous boundary (Figure 6C).
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In the labile region, although the acceleration ability of shaking was similar to that of
ultrasonication for solutions with high monomer concentrations, it decreased for solutions
with a monomer concentration lower than 0.1 mg/mL. The aggregation acceleration by
shaking results from the increase in the apparent mean-free path of monomer movements.
Thus, shaking enhances the probability of intermolecular interactions in a condensed
solution by increasing the collision frequency among monomers. However, it fails to
increase the collision frequency in a dilute solution, diminishing the acceleration effect for
nucleation (Figure 6B). In contrast, ultrasonication retains a high acceleration ability, even
for dilute monomer solutions, because the cavitation bubble works as a catalyst for the
nucleation reaction [99]. On the other hand, if the bubble’s surface becomes fully covered
with monomers, the acceleration effect saturates. This mechanism consistently explains
why the thalf value of the ultrasonication-dependent acceleration cannot be decreased below
the lower limit of ~10 h for solutions with high monomer concentrations.

4. Liquid–Liquid Phase Separation

One of the most important phenomena related to amyloid formation is liquid–liquid
phase separation, which is observed at increasing rates in disordered proteins [17,105,106].
There are cases in which amyloid formation is preceded by the liquid–liquid phase separa-
tion. As an example, the low-complexity domain of FUS protein formed phase-separated
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droplets before the formation of more stable amyloid fibrils [107]. These results are consis-
tent with Ostwald’s ripening rule of crystallization, according to which the morphologies
of crystals change over time, guided by their kinetic accessibilities and thermodynamic
stabilities [108].

Recently, Shimobayashi et al. [17] examined the liquid–liquid phase separation of
FUS protein in living cells with a light-controlled oligomerizing system Corelets [109]
and constructed the core protein concentration-dependent phase diagram. Their results
show that the initial stages of nucleated phase separation can be modelled by classical
nucleation theory, which describes how the rate of droplet nucleation depends on the
degree of supersaturation. It is noted that, in their phase diagram of polymer science, the
“binodal boundary” corresponds to solubility or critical concentration and the “spinodal
region” correspond to the amorphous region. We assume that the “macroscopic” phase
diagram of conformational states, such as Figures 1, 3, 4 and 6, will be also useful for
understanding the liquid–liquid phase separation, where “microscopic” phase diagrams
limited by supersaturation might apply to each droplet system.

The relationship between phase-separated droplets and oligomers or relatively small
amorphous aggregates is not clear. Amorphous aggregation and amyloid fibrillation have
often been considered as separate pathways in direct competition with each other, such that
accumulation of amorphous aggregates will always retard fibrillation [3,11,110–112]. On the
other hand, Nitani et al. [31] suggest the presence of two types of aggregates, i.e., a frozen
amorphous aggregation state, and a labile amorphous aggregate capable of slow fibrillation.
The labile amorphous aggregate is consistent with Ostwald’s ripening rule of crystallization,
in which morphologies of crystals change over time, guided by their kinetic accessibilities
and thermodynamic stabilities [6,108]. Moreover, it is possible that spontaneous amyloid
formation is assisted by a small amount of amorphous aggregates/amorphous oligomers,
as suggested by the new view of crystallization [29].

5. Conclusions

Recent structural studies on amyloid fibrils have advanced remarkably, clarifying
their atomic structures and polymorphisms [38–42]. However, amyloid structures do
not necessarily fully explain the mechanism of their formation. Physicochemical studies
on protein folding and misfolding have established that amyloid fibrils are crystal-like
aggregates of denatured proteins, which are formed above solubility by breaking super-
saturation [6,33,34,50]. It is evident that no amyloid formation occurs below solubility;
moreover, the preformed amyloid fibrils dissolve below solubility [113,114], although the
rigidity of amyloid fibrils may prevent rapid dissolution.

Although the validity of Anfinsen’s dogma (i.e., reversible unfolding/refolding) is
often questioned under high protein concentrations where intermolecular interactions are
favored [115], the persistence of supersaturation and the difficulty of amyloid formation
have neglected to address the question exactly. Recent studies that focus on solubility
and supersaturation have shown that, although protein folding is independent of pro-
tein concentration, amyloid formation is critically dependent on protein concentration
(i.e., solubility). By combining the concentration-independent folding/unfolding under
supersaturation and the concentration-dependent amyloid formation after the breakdown
of supersaturation, the exact unification of these two processes has become possible. In
other words, the breakdown of supersaturation links Anfinsen’s intramolecular folding
universe and the intermolecular misfolding universe, extending our understanding of
protein folding and misfolding.

The conformational phase diagrams used in this article are similar to a general phase
diagram of a solute consisting of soluble (Region I), metastable (Region II), labile (Region
III), and amorphous regions (Region IV) (Figures 1, 3, 4 and 6). The phase diagrams
based on solubility and supersaturation will be essential for further clarification of the
mechanisms of protein folding and misfolding, and their roles in diseases and life functions.
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Finally, in relation to supersaturation-dependent amyloid formation, the onset of
amyloid deposition is accompanied by a decrease in the soluble concentration of precursor
proteins, as discussed in this article [49,50]. In other words, monitoring decreases in
precursor protein concentrations might be a promising approach for detecting the onset of
amyloidosis.
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Abstract: Protein folding is the most fundamental and universal example of biomolecular self-
organization and is characterized as an intramolecular process. In contrast, amyloidogenic proteins
can interact with one another, leading to protein aggregation. The energy landscape of amyloid
fibril formation is characterized by many minima for different competing low-energy structures and,
therefore, is much more enigmatic than that of multiple folding pathways. Thus, to understand
the entire energy landscape of protein aggregation, it is important to elucidate the full picture of
conformational changes and polymorphisms of amyloidogenic proteins. This review provides an
overview of the conformational diversity of amyloid-β (Aβ) characterized from experimental and
theoretical approaches. Aβ exhibits a high degree of conformational variability upon transiently
interacting with various binding molecules in an unstructured conformation in a solution, forming
an α-helical intermediate conformation on the membrane and undergoing a structural transition
to the β-conformation of amyloid fibrils. This review also outlines the structural polymorphism of
Aβ amyloid fibrils depending on environmental factors. A comprehensive understanding of the
energy landscape of amyloid formation considering various environmental factors will promote drug
discovery and therapeutic strategies by controlling the fibril formation pathway and targeting the
consequent morphology of aggregated structures.

Keywords: aggregation; amyloid-β; cryo-electron microscopy; fibril; ganglioside; molecular chaperone;
NMR spectroscopy

1. Introduction

Protein folding is the most fundamental and universal example of biomolecular self-
organization and is characterized as an intramolecular process where nascent unfolded
polypeptide chains assemble into their highly ordered native conformations [1]. In the pro-
tein folding process, the unfolded protein exhibits various conformations, passes through
several folding intermediates, and descends on a potential free-energy surface toward a
thermodynamically favorable native state. However, the process of correct protein fold-
ing can fail and polypeptide chains can fall into incorrect conformational states. These
misfolded proteins can interact with one another, leading to protein aggregation [1–4]. In
such misfolding, the amyloid fibrils are in one of the most stable thermodynamic states
in the energy landscape [5]. Kinetically trapped misfolded intermediates are assumed
to promote specific and nonspecific intermolecular interactions, thereby resulting in the
assembly of various forms of aggregates such as oligomers, amorphous aggregates, and
amyloid fibrils [5–7]. It is suggested that the energy landscape of amyloid fibril formation
is characterized by a large number of minima for different competing low-energy struc-
tures [7–9] and, therefore, is much more enigmatic than that of multiple folding pathways.
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Furthermore, not only the final amyloid structures but also the aggregation processes are
significantly altered by various environmental factors. Thus, to understand the entire
energy landscape of protein aggregation, it is important to elucidate the full picture of
conformational changes and polymorphisms of amyloidogenic proteins, which can depend
on environmental factors.

Amyloid-β (Aβ) is one of the most extensively studied amyloidogenic proteins, pri-
marily because of its pathological significance associated with Alzheimer’s disease (AD).
Various experimental and theoretical approaches have been employed to characterize the
structure and interactions of Aβ, revealing its conformational transformability. Intriguingly,
the assembly of Aβmolecules is significantly promoted through an interaction with gan-
glioside GM1, which is a glycosphingolipid abundant in neuronal cell membranes [10–12].
In this review, we outline our current knowledge on the conformational transitions of
Aβ, depending on the surrounding environments and binding molecules, highlighting its
conformational variability and the morphological diversity of its aggregates.

2. Transient Interaction of Aβ in a Solution

Aβ is a product of the sequential cleavage of the type-I membrane glycoprotein,
amyloid precursor protein (APP), by β- and γ-secretases [13]. The C-terminal region of Aβ
is part of the transmembrane domain of APP and originally forms an α-helix conformation
in the membrane [14]. After cleavage, the Aβ peptide dissociates from the membrane in
the unstructured state and undergoes various structural changes [15]. Molecular dynamics
(MD) simulations and nuclear magnetic resonance (NMR) spectroscopy have illustrated that
monomeric Aβ conformation is mainly disordered in a solution and rapidly interconverts
between many diverse conformational states [16]. Thus, it should be delineated as a
conformational ensemble rather than a single dominant folded structure. The dynamic
disordered state of Aβ is deeply involved in the process of its aggregation through transient
Aβ–Aβ interactions. The dimerization and oligomerization processes of Aβ are well-
characterized by MD simulations [17,18], indicating that the C-terminal regions of the Aβ
molecules dominantly initiate their interactions.

The transient conformations of monomeric Aβ bound to large fibrils and oligomers
have been indirectly observed by NMR techniques such as relaxation dispersion and
saturation transfer experiments, which explored the invisible NMR states [19,20]. These
data indicated that the central hydrophobic region of monomeric Aβmainly mediates its
interactions with the Aβ(1–40) oligomers whilst the C-terminal hydrophobic regions of
both Aβ(1–40) and Aβ(1–42), along with their central hydrophobic regions, are involved in
their interactions with the protofibril surface.

Aβ exhibits essential conformational plasticity and adaptability during transient weak
interactions with other proteins, lipids, and chemical compounds. For instance, Aβ can
interact with the spherical complex, displaying pentasaccharide moieties derived from
ganglioside GM1 and enabling the observation of transient glycan–protein interactions [21]
(Figure 1). NMR data, along with MD simulations, have indicated that the N-terminal
segment of Aβ(1–40), especially the hydrophilic His13-His14-Gln15 segment, is selectively
involved in the interaction with the GM1 pentasaccharide cluster whereas the C-terminal
segment is scarcely involved in the interaction [21,22]. It has been reported that α-synuclein
(αSN), an intrinsically disordered protein involved in Parkinson’s disease, also forms weak
encounter complexes with ganglioside-embedding small bicelles on an initial membrane-
landing process of αSN [23]. Transient interactions of its N-terminal segment were observed
for GM1 or GM2, but not GM3, which did not involve any secondary structure formation
of αSN. In both Aβ and αSN, the initial encounters are mediated through their N-terminal
ganglioside-philic segments without any secondary structure formation.
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from reference [21]. 2015, WILEY–VCH Verlag GmbH & Co. KGaA, Weinheim, Germany. 
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Figure 1. Transient interaction of Aβ with binding molecules. Each binding site on Aβ with the
spherical complex displaying GM1 glycans (green), SorLA Vsp10 domain (orange), and apical
domain of GroEL (blue) is represented with the primary structure of Aβ. The molecular graphics
of GroEL and SorLA Vps10 domain with Aβ are based on PDB: 1KP8 and 3WSZ, respectively. The
molecular graphics of the spherical complex displaying GM1 glycans are adopted with permission
from reference [21]. 2015, WILEY–VCH Verlag GmbH & Co. KGaA, Weinheim, Germany.

Furthermore, it has been reported that various molecular chaperones such as heat
shock proteins, prefoldins, and small heat shock proteins can bind Aβ and thereby in-
hibit its aggregation and mediate Aβ degradation via the ubiquitin-proteasome system
or autophagy [24]. Molecular chaperones assist with the folding of unstructured nascent
polypeptide chains into their native conformational state mostly by preventing their off-
pathway intermolecular interactions in the energy landscape [5,25]. GroEL, a member of
the chaperonine family of molecular chaperons, can suppress Aβ(1–40) amyloid formation
by transiently interacting with its two hydrophobic segments, Leu17-Ala21 and Ala30-Val36
of Aβ(1–40), which contain key residues in fibril formation [26] (Figure 1). Intriguingly, the
specific hydrophobic segment of αSN is capable of interacting with the eukaryotic chaper-
one PDI [27], the bacterial chaperone GroEL [28], and the archaeal chaperone PbaB [29],
suggesting that αSN displays a chaperone-philic binding motif that can be widely recognized
as a mimic of misfolded protein hallmarks. NMR data also indicate that Aβ as well as αSN,
when noncovalently tethered to GroEL, remain largely unfolded and highly mobile.

Such dynamic and loose complexes have also been observed for the neuronal sorting
receptor SorLA, which captures Aβ inside a tunnel to extend the β-sheet of one of its pro-
peller blades [30] (Figure 1). In conjunction with X-ray crystallography, NMR spectroscopy
demonstrated that Aβ can remain attached to SorLA whilst undergoing transitions among
different bound states involving multiple capture sequences, suggesting that SorLA binds
Aβmonomers through weak interactions and escorts them to lysosomes for degradation.
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3. Assembly of the Intermediate Structures of Aβ on Membranes

The aggregation and deposition of Aβ on neuronal cell membranes are deeply in-
volved in the pathogenesis of AD. Aβ can exhibit a free three-dimensional motion in an
aqueous solution whilst Aβmolecular motion is restricted at the two-dimensional mem-
brane interface, thereby facilitating Aβ–Aβ interactions [12,31]. Therefore, to understand
the molecular mechanisms of Aβ fibrillization, it is necessary to identify the effects of
spatial limitations at the membrane interface on the molecular motions and intermolecular
interactions of Aβmolecules.

The ganglioside clusters are known to catalyze the self-assembly of amyloidogenic
proteins such as Aβ, αSN, and prion protein through their interactions with gangliosides
in a nonstoichiometric, but specific, manner [10,11,32–34]. Furthermore, amyloid fibrils on
GM1-containing liposomes have been reported to be more toxic than those formed in an
aqueous solution [35,36]. To provide structural insights into the conformational transition
and molecular assembly of Aβ promoted in membrane environments, a series of NMR
studies were carried out to characterize the interactions of Aβwith GM1 clusters by employ-
ing various membrane models [37–43] (Figure 2). The NMR data indicated that the GM1
clusters capture Aβ in an α-helical conformation at the hydrophobic/hydrophilic interfaces,
restricting its spatial rearrangement: the two helical segments and the C-terminal portion
of Aβ are in contact with the hydrophobic interior whilst leaving the remaining regions
exposed to the hydrophilic environment of the GM1 cluster [42]. MD simulations have
confirmed the topological mode of Aβ at the hydrophobic/hydrophilic interface [31]. The
formation of the α-helical structure of Aβ has also been observed in membrane-mimicking
micelles [44–46]. However, MD simulations have also indicated that Aβ α-helices are
not stable and tend to form a β-hairpin structure because conformational entropy loss
on the hairpin formation is smaller at the planar interface than in a free solution [31].
It is conceivable that such entropic effects, along with the higher local concentration of
Aβ molecules at the hydrophobic/hydrophilic interface, facilitate their intermolecular
interaction coupled with an α-to-β conformational transition on the ganglioside clus-
ters, leading to amyloid fibril formation [31,40]. Indeed, Aβ bound to large, flat vesicles
composed of 1,2-dimyristoyl-sn-glycero-3-phosphocholine forms a partially ordered con-
formation, in which only the C-terminal segments are involved in a parallel β-structure
whilst leaving the N-terminal segment disordered [47]. Very recently, a nonfibrillar Aβ
assemblage formed on a GM1-containing membrane was identified as a double-layered
anti-parallel β-structure [43]. This unique assemblage itself was not transformed into fibrils,
but rather provided a solvent-exposed hydrophobic surface that facilitated the conversion
of monomeric Aβ into fibrils.

These findings suggest that the GM1 clusters offer a unique platform for binding
coupled with the conformational transition of Aβ molecules, thereby restricting their
spatial rearrangements to promote specific intermolecular interactions leading to cross-β-
sheet formation (Figure 2). This raises a novel medicinal strategy to suppress β-structure
formation by stabilizing the α-helical structure of Aβ on the ganglioside clusters. Indeed,
it was reported that compounds such as N1-decanoyl-diethylenetriamine that bind and
stabilize the α-helical state of Aβ attenuated fibril formation and consequent toxicity in a
Drosophila model of AD [48]. On the other hand, hereditary mutations have a potential
impact on these on-membrane molecular events [49] as exemplified by the Flemish-type
mutation (A21G). This mutation disrupts the first α-helix identified in wild-type Aβ(1–40)
bound to lyso-GM1 micelles, rendering the unstructured N-terminal segment tethered to
the residual C-terminal helix [37]. Thus, the mutational effects on Aβ conformation depend
on the surrounding environments.
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Figure 2. Schematic representation of the structural basis of the conformational transition and
molecular assembly of Aβ promoted on GM1 ganglioside clusters on the neuronal cell membrane and
the structure-based therapeutic strategies. After the initial encounter, the GM1 cluster captures Aβ at
the hydrophobic/hydrophilic interface, which facilitates α-helix formation, thereby restricting the
spatial rearrangements of Aβmolecules. Consequently, a specific intermolecular interaction between
Aβ molecules is enhanced on the GM1 cluster, leading to their α-to-β conformational transition,
resulting in amyloid fibril formation. Several proteins, including molecular chaperones, capture Aβ
and thereby suppress its fibrillization. Irradiation with ultrasonic waves, an infrared free-electron
laser, and cold atmospheric plasma can break down amyloid fibrils. Adapted with permission from
reference [12]. 2019, The Pharmaceutical Society of Japan.

4. Structural Polymorphism of Amyloid Fibrils

Increasing structural data provided by cryo-electron microscopy (cryo-EM) and solid-
state NMR spectroscopy demonstrate that the morphology of amyloid fibrils is significantly
affected by various solution conditions such as the protein concentration, ionic strength,
pH, temperature, and pressure [50–52]. X-ray diffraction studies have shown that amy-
loid fibrils share similar structural features characterized by a cross-β spine: a double
β-sheet with each sheet running parallel to the fibril axis [53]. At the mesoscopic level,
however, amyloid fibrils formed under the same conditions show considerable morpho-
logical diversity [54,55]. These molecular polymorphisms are assumed to be derived from
differences in the number, relative orientation, and internal substructure of the protofila-
ments. Recent simulation studies have shown that the sequence-specific conformational
heterogeneities of monomer ensembles are crucially associated with their aggregation
propensities and the fibril polymorphisms can be caused by changes in the population of
fibril-like states in the monomeric structures [56,57].

Solid-state NMR-derived high-resolution structural models have visualized that
Aβ(1–42) fibrils adopt an S-shaped conformation [58–61] whereas Aβ(1–40) fibrils assume
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a U-shaped conformation [62,63] (Figure 3). Even in a U-shaped conformation, there is a
variation in the interprotofilament interface in Aβ fibrils [64].
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Figure 3. Aβ fibril structures solved by solid-state NMR and cryo-EM. The variety of fibril structures
of Aβ(1–40) (blue, PDB: 2LMN, 2LMP) and Aβ(1–42) (magenta, PDB: 2MXU, 5KK3, 5AEF, 2NAO,
5OQV) fibrils prepared in vitro. Ex vivo, Aβ(1–40) seeded fibrils, which were formed by seed
aggregation with recombinant Aβ(1–40) and ex vivo fibrils (green, PDB: 6W0O, 6SHS, 2M4J). The
Aβ(1–42) fibrils were extracted from human AD brains (orange, PDB: 7Q4B, 7Q4M).

Recent breakthroughs in cryo-EM have yielded the atomic structures of Aβ filaments
extracted from AD brains (Figure 3). The structures of the Aβ(1–42) filaments from human
AD brains were identified by two types of S-shaped protofilament folds [65] whereas
those of the filaments assembled in vitro had an overall LS-shaped topology of individual
subunits in the cross-β structure [66]. In the case of Aβ(1–40) fibrils, high-resolution cryo-
EM data identified the most prevalent polymorph for fibrils in typical AD patients as
I-shaped protofilament folds [67]; another cryo-EM study determined C-shaped folds in
brain-derived fibrils [68] where both the N- and C-terminal ends of Aβwere folded back
onto the central peptide domain. These morphological differences suggest that Aβ fibrils
may adopt disease-specific molecular conformers such as prion and tau strains, depending
on the differences in individual brain environments [50,55,69]. Intriguingly, significant
differences have also been found in the amyloid formation kinetics and fibril morphology
between microgravity-grown and ground-grown Aβ(1–40) amyloids [70]. These data
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suggest that Aβ fibril formation on the ground is kinetically trapped in a metastable state
whereas it proceeds more slowly through a thermodynamic control under microgravity
conditions, resulting in the observed morphological differences in Aβ(1–40) fibrils.

The N-terminal regions adjacent to the fibril cores are often invisible or ambiguous
in the solid-state NMR- and cryo-EM-derived structures of Aβ fibrils due to structural
disorders and/or high mobility. Furthermore, it has been suggested that amyloid fibril
cores themselves fluctuate and are heterogeneous, causing morphological diversity in
one filament. An MD simulation based on the NMR-derived structural model of an
Aβ(1–42) fibril indicated that the protomer at the growing end of an amyloid fibril adopts a
β-hairpin conformation with less fluctuation compared with the flexible opposing terminal
protomer [71]. These differences in the conformational fluctuation of the two ends of fibrils
can explain the experimentally determined unidirectionality of fibril elongation [72,73].

It has been reported that Aβ fibrils can be broken down via irradiation with ultrasonic
waves, an infrared free-electron laser, and cold atmospheric plasma by experimental and
theoretical approaches [18,74] (Figure 2). Therefore, not only the suppression of the fibril
formation but also the degradation of amyloid fibrils can be potential therapeutic strategies
for neurodegenerative diseases in the future.

5. Conclusions

Aβ exhibits a high degree of conformational variability upon transiently interacting
with binding molecules in an unstructured conformation in a solution, forming an α-helical
intermediate conformation on the membrane and undergoing a structural transition to the
β-conformation of amyloid fibrils. Despite the cumulative structural data, a comprehensive
understanding of the molecular mechanisms behind amyloid polymorphisms remains
largely unexplored as a variety of factors can influence the molecular assembly process.
Recently, the accuracy of protein structure predictions based on deep learning methods
has been dramatically improved and, in the case of natively folded proteins, their three-
dimensional structures can now be reliably predicted from amino acid sequences [75,76].
However, it is currently difficult to accurately predict amyloid structures from amino acid
sequences because amyloid fibrils are aggregates of many protomers that can form various
polymorphic structures despite the same amino acid sequence [9]. Moreover, morphological
diversity can be seen for amyloid fibrils grown in the same solution [70,77,78]. In addition,
current machine learning methods are not yet capable of predicting protein folding and
aggregation pathways.

For a detailed and integrated understanding of the energy landscape of protein aggre-
gation, it is essential to characterize the structures of amyloid fibrils corresponding with
the number of heterogeneous minima and to elucidate the amyloid formation processes,
including the intermediate structures. Moreover, various environmental factors can signifi-
cantly influence the amyloid structures and aggregation kinetics. Hence, a comprehensive
understanding of the energy landscape of amyloid formation considering such environ-
mental factors will promote drug discovery and therapeutic strategies by controlling the
fibril formation pathway and targeting the consequent morphology of the aggregated
structures. To address this issue, it is important to further accumulate high-quality data
from experimental and computational approaches, to develop informatics-based methods
for structure predictions, and to interpret these data from a physicochemical perspective.
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Abstract: Hydrogen/deuterium (H/D) exchange combined with two-dimensional (2D) NMR spec-
troscopy has been widely used for studying the structure, stability, and dynamics of proteins. When
we apply the H/D-exchange method to investigate non-native states of proteins such as equilibrium
and kinetic folding intermediates, H/D-exchange quenching techniques are indispensable, because
the exchange reaction is usually too fast to follow by 2D NMR. In this article, we will describe the
dimethylsulfoxide (DMSO)-quenched H/D-exchange method and its applications in protein science.
In this method, the H/D-exchange buffer is replaced by an aprotic DMSO solution, which quenches
the exchange reaction. We have improved the DMSO-quenched method by using spin desalting
columns, which are used for medium exchange from the H/D-exchange buffer to the DMSO solution.
This improvement has allowed us to monitor the H/D exchange of proteins at a high concentration of
salts or denaturants. We describe methodological details of the improved DMSO-quenched method
and present a case study using the improved method on the H/D-exchange behavior of unfolded
human ubiquitin in 6 M guanidinium chloride.

Keywords: hydrogen/deuterium exchange; dimethylsulfoxide; nuclear magnetic resonance

1. Introduction

Hydrogen/deuterium (H/D) exchange is a powerful tool to investigate the struc-
ture, stability, dynamics, and interactions of proteins [1–4]. The advancements in two-
dimensional (2D) nuclear magnetic resonance (NMR) techniques have made it possible
to monitor the H/D-exchange kinetics of the individually identified peptide amide (NH)
protons of proteins at amino-acid residue resolution [5,6]. Recent H/D-exchange studies
also employ a mass spectrometric (MS) technique combined with rapid proteolysis and
HPLC separation, which allows us to obtain the exchange kinetics at a nearly single-residue
resolution [4,7,8]. In H/D-exchange experiments, the exchange reaction of each NH group
of a protein to ND takes place in D2O. The exchange kinetics of the NH proton are deter-
mined by a structural opening reaction of the NH group and the intrinsic exchange rate
constant, kint, of the NH proton, and are represented by:

NHcl
kop


kcl

NHop
kint−→ ND, (1)
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where NHcl and NHop denote the closed and open states of the NH group, ND indicates
the amide group after H/D exchange, and kop and kcl are the opening and closing rate con-
stants [1–4]. Under the steady-state condition, the observed H/D-exchange rate constant,
kobs, is thus given by:

kobs =

(
kop

kop + kcl + kint

)
·kint. (2)

The kint of each NH proton of a protein depends on solution conditions (pH, temperature,
and salt concentration), neighboring residues (i.e., the amino-acid sequence), and isotope
effects. Englander and his colleagues [9–12] accurately calibrated these effects on kint and
reported the calibration parameters, from which we can quantitatively estimate the kint
value of each NH proton of the protein.

The protection factor, P, which represents the degree of protection of the NH group
against H/D exchange is given by the ratio of kint to kobs as:

P =
kint

kobs
. (3)

The P value of native globular proteins is as large as 106–109, which corresponds to the
structural opening free energy of 8–13 kcal/mol. This free energy change is equivalent to the
free energy change of the global unfolding for each protein, indicating that the H/D-exchange
reactions of the most stable NH groups are brought about by global unfolding [13,14].

A native-state H/D-exchange method was developed by Bai et al. [15] in 1995, and
the H/D-exchange behavior at low concentrations of denaturants was characterized by
this method. Temperature or pressure perturbation was also used in the native-state H/D
exchange [16–18]. The method is effective for studying different kinds of protein dynamic
behavior, ranging from local fluctuations up to sub-global and whole-molecule global
unfolding reactions [15,19–21]. The method has been applied to a large number of proteins
(reviewed in [4,19–21]).

The H/D-exchange techniques have also been used effectively for studying non-native
states, including equilibrium unfolding intermediates and transient intermediates in kinetic
refolding reactions of proteins. The molten globule (MG) state, which has a substantial
amount of secondary structure but lacks the specific tertiary side-chain packing charac-
teristics of native proteins, is an equilibrium intermediate state under mildly denaturing
conditions for numerous globular proteins, many with more than ~100 residues [22–24]. In
the 1990s, the structural characterizations of the MG state by H/D-exchange 2D NMR were
carried out for a number of globular proteins, including apomyoglobin [25], cytochrome
c [26,27], α-lactalbumin [28–32], Ca2+-binding milk lysozyme [33,34], and other proteins [35–41].
The P values of slowly exchanging NH protons in the MG state range from 102 to 103,
which is more than three orders of magnitude smaller than the values in the native (N) state.
The H/D-exchange rate in the MG state and in other non-native unfolded states [42–52]
is usually too fast to follow by 2D NMR spectroscopy. Therefore, the H/D exchange was
quenched after the desired period of H/D exchange by rapid refolding, and the NMR
spectra were measured in the N state.

The use of a hydrogen-exchange method to detect and characterize a transient folding
intermediate of proteins was first reported by Schmid and Baldwin [53] in 1979. They used
a tritium-exchange technique and carried out a kinetic competition between folding and
hydrogen exchange to investigate the folding kinetics of ribonuclease A. Subsequently,
Roder and Wüthrich [54] proposed an extension of this technique by combined use of
rapid mixing and NMR analysis. In 1988, two seminal papers, one by Udgaonkar and
Baldwin [55] for ribonuclease A and the other by Roder et al. [56] for oxidized cytochrome
c, appeared and reported the structural characterization of kinetic folding intermediates by
hydrogen-exchange labeling and 2D NMR spectroscopy. In both studies, the NH groups of
proteins were first fully deuterated in the fully unfolded (U) state in D2O, and the nonpro-
tected amide ND groups in folding intermediates were proton-labeled in H2O by a short
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alkaline pH pulse (pulse-labeling hydrogen exchange), followed by quenching the D/H ex-
change by rapid refolding to the N state and NMR measurements in the N state. Since then,
the pulse-labeling or competition hydrogen-exchange studies combined with 2D NMR to
detect and characterize transient folding intermediates have been reported for many globu-
lar proteins, including barnase by the Fersht group [57,58], the lysozyme–α-lactalbumin
family proteins by the Chris Dobson group [59–63], apomyoglobin and apoleghemoglobin
by the Wright group [64–67], and other proteins by other groups [41,68–91]. The early
transient folding intermediates thus characterized are very similar in structure and stability
to the equilibrium MG state, indicating that the MG state is the equilibrium counterpart of
the kinetic folding intermediate formed early during refolding from the U state [23]. How-
ever, there are exceptions to this rule. The kinetic folding intermediate of the plant globin
apoleghemoglobin under the refolding condition is significantly different in structure from
its equilibrium MG state [66]. The early kinetic folding intermediate of ribonuclease H from
Escherichia coli (E. coli) has a well-folded region with a closely packed tertiary structure,
which is absent in its equilibrium MG state [92].

In this article, we describe the dimethylsulfoxide (DMSO)-quenched H/D-exchange
method, in which the H/D-exchange reaction is quenched by the DMSO solution [93].
As shown above, the hydrogen-exchange reactions in the MG state, other non-native
states, and transient kinetic folding intermediates of proteins need to be quenched be-
fore measurements of 2D NMR spectra. The rapid refolding was used for quenching the
exchange reactions in the above studies, and hence, only NH protons stably protected
in the N state are available for analysis. The DMSO-quenched H/D-exchange method
is more versatile, because the exchange reactions of all NH groups, including nonpro-
tected NH groups in the N state, are effectively quenched in an aprotic solvent DMSO and
are available for the NMR analysis [93]. In the following, we will give a brief historical
summary of the DMSO-quenched H/D-exchange method in proteins. In addition, the
DMSO-quenched H/D-exchange method has recently been improved by the use of spin de-
salting columns [94]. This improvement has made it possible to apply the DMSO-quenched
method to the exchange reactions of proteins in the presence of a high concentration of
salt or denaturant. We thus describe the methodological details of the use of spin desalt-
ing columns in the DMSO-quenched H/D-exchange method and present a study on the
H/D-exchange behavior of unfolded ubiquitin in 6 M guanidinium chloride (GdmCl), in
which the spin desalting column was used in the DMSO-quenched H/D-exchange 2D
NMR experiments.

2. DMSO-Quenched H/D-Exchange Method

The DMSO-quenched H/D-exchange method was developed by Zhang et al. [93] in
1995. They investigated various solution conditions to minimize the H/D-exchange rate
of NH protons of proteins, and the presence of 95% (v/v) DMSO-d6 in a DMSO-d6/D2O
mixture at pH* 5–6 was the best condition, where the H/D-exchange rate was ~100 fold
slower than the minimum exchange rate in D2O. Here, pH* is the uncorrected pH-meter
reading, and the pH* was adjusted by dichloroacetic acid-d2 (DCA-d2), whose pKa is 5.72
in the DMSO/D2O mixture [93]. To use the DMSO-quenched H/D-exchange method to
investigate the H/D-exchange reaction of a protein, aliquots of the reaction mixture at
various exchange times are first quenched by rapid freezing in liquid nitrogen, and then
lyophilized. The lyophilized powder is dissolved in the quenching DMSO solution, and
the NMR spectra of the protein are measured. Because proteins are unfolded in the DMSO
solution, the NMR peaks may be distributed in a very narrow spectral region. However, the
use of isotope (15N and 13C)-enriched proteins and the triple-resonance multi-dimensional
NMR techniques [95] have made it feasible to identify most of the cross peaks in the 2D
1H–15N heteronuclear single-quantum coherence (HSQC) spectrum [96] of a small protein
and to follow the H/D-exchange kinetics of individually identified NH protons.
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2.1. Applications to Folding Intermediates and Amyloid Fibrils

Nishimura et al. [65,66,97] applied the DMSO-quenched H/D-exchange method to
elucidate the structure in the equilibrium and transient folding intermediates of apomyo-
globin and apoleghemoglobin; they used 99.4% DMSO instead of the 95% DMSO solution
as a quenching solvent, however. Using the DMSO-quenched H/D-exchange method, they
acquired data for the NH protons of 94 residues for the 153 residues of apomyoglobin,
as compared with the 52 residues probed by the conventional pulse-labeling hydrogen-
exchange method, in which the exchange was quenched by rapid refolding [97]. The
DMSO-quenched method could be applied only for pH-jump refolding experiments be-
cause it was difficult to dissolve the lyophilized protein in DMSO in the presence of residual
denaturant (urea or GdmCl) after denaturant-jump experiments [65,66]. Sakamoto et al. [98]
studied the H/D-exchange kinetics of disulfide-deficient lysozyme in glycerol solution by
the DMSO-quenched H/D-exchange method. They removed glycerol from the reaction
mixture by reversed-phase HPLC, and the fractionated portion was lyophilized before
dissolving in the DMSO solution.

DMSO effectively dissolves amyloid fibrils in vivo and in vitro [99–101]. Therefore,
since the early 2000s, the DMSO-quenched H/D-exchange method has been widely used
in studies on the H/D-exchange kinetics of amyloid fibrils [102–124] and other protein
aggregates, including protein supermolecular complexes [125,126]. These studies have
demonstrated the presence of a hydrogen-bonded (H-bonded) core highly resistant to
H/D exchange in the amyloid fibrils and the other protein complexes. In the amyloid
experiments, insoluble amyloid fibrils were first suspended in D2O to carry out the H/D-
exchange reaction for the desired exchange periods, followed by separation of fibrils by
centrifugation and lyophilization. The lyophilized fibrils were dissolved and dissociated
into monomers in the DMSO solution, and the unfolded monomeric form was subjected
to 2D NMR analysis. To characterize transient kinetic intermediates during the formation
of amyloid fibrils, Carulla et al. [127] and Konuma et al. [90] combined the pulse-labeling
hydrogen-exchange strategy and the DMSO-quenched method. After a short labeling pH
pulse, aliquots of the reaction mixture were frozen and lyophilized, followed by dissolution
in the DMSO solution for the subsequent 2D NMR or MS analysis. These studies gave
us information about the molecular mechanisms of amyloid formation. Although the
DMSO solution based on the standard protocol is composed of 95% DMSO-d6 at pH* 5–6
adjusted by DCA-d2, slightly modified compositions, e.g., dry DMSO-d6 [103,125] and
DMSO-d6/trifluoroacetic acid-d1 (0.01–1%) mixture [107,110,114–117,119,122,126,128,129]
were also used as an H/D-exchange quenching solution. Several excellent review articles
on the DMSO-quenched H/D-exchange method have been published and cover more
details about the method [130–134].

2.2. Use of Spin Desalting Columns

We improved the DMSO-quenched H/D-exchange NMR method by the use of spin
desalting columns for medium exchange from the H/D-exchange buffer to the DMSO
solution [94]. As shown above, the conventional DMSO-quenched H/D-exchange exper-
iments had used lyophilization for the medium exchange. Therefore, it was difficult to
carry out the DMSO-quenched experiments at a high concentration of salt or denaturant
(urea or GdmCl), because the presence of residual salt or denaturant after lyophilization
interferes with the 2D NMR analysis of proteins dissolved in DMSO. This is a drawback of
the conventional DMSO-quenched method, and it prevents us from using the method to
characterize the H/D-exchange behaviors of proteins in the intermediate or unfolded state
in denaturant and native proteins under physiological conditions at 0.15 M NaCl (or KCl).

To prepare the quenching DMSO solution, we adjusted the pH* of the 94.5% (v/v)
DMSO-d6/5% (v/v) D2O/0.5% (v/v) DCA-d2 solution to between 5 and 6 by adding 10 M
NaOD. The addition of NaOD was accompanied by crystalline sodium dichloroacetate-d1,
which was dissolved by stirring with an increase in pH*. Before starting the H/D-exchange
reaction of a sample protein, we first prepared a 10-fold concentrated stock solution of
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the protein in H2O. The H/D-exchange reaction was started by a 10-fold dilution of the
stock solution with a D2O buffer. At appropriate time points in the H/D-exchange, we
collected 1.0 mL aliquots of the reaction solution, which had been pre-dispensed into 2 mL
polypropylene cryo-tubes in advance, and froze them by immersing the cryo-tubes in
liquid nitrogen to stop the reaction. The frozen aliquots were kept at −85 ◦C to −80 ◦C
until the medium exchange by a spin desalting column and the subsequent 2D NMR
measurements. The frozen aliquots were thawed at an appropriate temperature, at or
below room temperature, just before the medium exchange. The dead time of the H/D-
exchange measurement depends on how the experiment is conducted. If the experiment is
carried out with the cooperation of two experimenters, one quenching the reaction mixture
quickly in liquid nitrogen and the other recording the reaction time of the H/D exchange,
it is rather easy to realize the dead time of 30 s (see Figure 3).

Figure 1 shows a schematic of the medium exchange procedure from the D2O buffer
of the H/D-exchange reaction mixture to the DMSO solution with the use of spin desalting
columns [94]. We used 5 mL columns (ZebaTM Spin Desalting Column 89891, Thermo
Fisher Scientific K.K., Tokyo, Japan) and 15 mL polypropylene centrifuge tubes as collection
tubes. The procedure consists of the following five steps:

1. Remove the bottom plug of a spin desalting column, and place the column in a
collection tube.

2. Centrifuge for 2 min at 1000× g to pack the column bed and remove storage buffer.
3. Apply 2.5 mL of the DMSO solution to the column, centrifuge for 2–3 min at 1000× g,

and discard the flow through. Repeat this process two to three times, but centrifuge
for 3 min in the second and third runs, because the DMSO solution is more viscous
than water.

4. Apply 1.0 mL of the H/D-exchange sample solution to the column, and centrifuge
for 2 min at 20 ◦C. The application volume should not exceed 1.0 mL, because the
application of more than 1.0 mL results in leakage of the H/D-exchange sample
solution into the collection tube.

5. Recover the desalted protein sample in the DMSO solution; the protein sample can
now be applied to 2D NMR analysis.
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Figure 1. A schematic procedure of the medium exchange by a spin desalting column.

We used 2D 1H–15N HSQC spectra for the NMR analysis, and hence the sample
protein was 15N-labeled, and the assignment of the HSQC cross peaks was carried out by
three-dimensional (3D) HN(CA)NNH, HNCA, HN(CO)CA, HNCO, CBCA(CO)NH, and
HNCAHA experiments using 13C/15N-double-labeled proteins. We applied the improved
DMSO-quenched 2D NMR method to investigate the H/D-exchange behavior of the E. coli
co-chaperonin GroES at pH* 6.5 (or 7.5) and 25 ◦C [135] and unfolded ubiquitin at pH*
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3.2 and 15.0 ◦C in 6 M GdmCl [136], In the following, we will describe the study on the
H/D-exchange behavior of unfolded ubiquitin as a case study.

3. A Case Study: Unfolded Ubiquitin in 6 M GdmCl

The characterization of residual structures persistent in unfolded proteins in concen-
trated denaturant (6 M GdmCl or 8 M urea) is an important issue in studies of protein
folding. The problem of protein folding has been described with reference to the Levinthal
paradox, in which the initial unfolded state is assumed to be a random coil, and hence, there
may exist an astronomically large number of conformations, inaccessible in a reasonable
time by a random search, at the beginning of the folding reactions [137–139]. Solving the
Levinthal paradox is a fundamental problem in folding studies [140–146]. The presence of
the residual structure, if any, in the unfolded state thus invalidates the Levinthal paradox,
because such residual structure may form a folding initiation site and guide the subsequent
folding reactions. We therefore studied the H/D-exchange behavior of unfolded human
ubiquitin in 6 M GdmCl by the DMSO-quenched H/D-exchange 2D NMR method with
the use of spin desalting columns [136]. Although the persistence of residual structures in
unfolded proteins in concentrated denaturant has been reported for several different pro-
teins [50,147–153], the present method enabled us to estimate the P values of individually
identified NH protons, including nonprotected NH protons in the N state [136].

Ubiquitin is a 76-residue α/β protein, composed of a mixed parallel–anti-parallel β-sheet
packing against a middle α-helix to form the hydrophobic core (Figure 2) [154]. Ubiquitin
is a typical model protein for protein folding studies, and thus its folding reactions have
been studied by a variety of biophysical techniques, including stopped-flow [155–158] and
continuous-flow [159] kinetic refolding experiments, pulse-labeling hydrogen-exchange ex-
periments combined with 2D NMR spectroscopy [72,160] and electrospray ionization mass
spectrometry [161], mutational φ-value analysis [162,163], and other techniques [164–166].
These results may be compared with the present results of the H/D-exchange behavior of
unfolded ubiquitin in 6 M GdmCl.
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to the P values of the NH protons, and the red gradient indicates the scale of the P value. The proline 

Figure 2. The 3D structure of native ubiquitin (PDB code: 1UBQ). The residues are colored according
to the P values of the NH protons, and the red gradient indicates the scale of the P value. The proline
residues and the residues that could not be used as probes due to severe broadening or overlapping
are shown in black. Adapted with permission from Ref. [136]. Copyright 2020 Biophysical Society.

To analyze the H/D-exchange kinetics of individually identified NH protons of ubiq-
uitin, we first made their spectral assignments in the DMSO solution [136]. Using a
combination of 3D spectral measurements, we successfully assigned all the peaks observed
in the HSQC spectrum. We then investigated the H/D-exchange kinetics of all the individ-
ual NH groups. Excluding NH groups whose residues could not be used as probes due to
severe broadening or overlapping, we successfully followed the H/D-exchange kinetics of
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60 NH protons [136]. These 60 NH protons include not only the protons stably protected
in the native structure but also nonprotected NH protons. The observed kinetic exchange
curve, given by the volume, Y(t), of cross peaks in 2D NMR spectra as a function of the
H/D-exchange time, t, was a single exponential fitted to the equation:

Y(t) = ∆Y·e−kobst + Y(∞), (4)

where ∆Y and Y(∞) are the kinetic amplitude and the final value of the peak volume,
respectively. Figure 3 shows the kinetic progress curves of the Val5, Asn25, Gln40, and
Glu51 NH protons measured by the DMSO-quenched method. The protection factor P was
calculated by Equation (3) for the 60 NH protons, resulting in the protection profile shown
in Figure 4, in which the P value is plotted as a function of the residue number.
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Figure 3. The H/D-exchange curves for Val5 (V5) (A), Asn25 (N25) (B), Gln40 (Q40) (C), and Glu51
(E51) (D) of human ubiquitin in 6 M GdmCl at pH* 3.3 and 15 ◦C. The solid lines are the theoretical
curves best fitted to a single-exponential function (Equation (4)). A broken line in each panel indicates
the theoretically estimated peak volume after the complete exchange (i.e., Y(∞) in Equation (4)),
and an asterisk “*” in each panel, located between (1–2) × 108 of the peak volume, indicates the
experimentally observed value after heating the sample at 50 ◦C for 30 min. Because the reaction
mixtures contained 10% H2O, the final peak volumes did not reach zero. The kobs values for the four
residues are: (A) (8.7± 0.8)× 10−3 min−1; (B) (10.5± 1.2)× 10−2 min−1; (C) (4.6± 0.4)× 10−2 min−1;
(D) (1.2 ± 0.1) × 10−2 min−1. The first and last time points are at 0.62 and 300.09 min, respectively,
for all panels. Adapted with permission from Ref. [136]. Copyright 2020 Biophysical Society.
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Figure 4. The H/D-exchange protection profile of unfolded ubiquitin in 6 M GdmCl, represented by
P as a function of the residue number (pH* 3.3 and 15 ◦C). The dashed lines indicate the P values
of 2 and 3. The amino-acid residues with P values larger than 2 and 3 are indicated in pink and
red, respectively, and the other residues in black. The locations of the secondary structures in native
ubiquitin (PDB code: 1UBQ) are shown by arrows (β-strands) and open rectangles (helices). The
kobs values for the majority of NH protons were obtained by three independent H/D-exchange
experiments, and the percent standard error estimate of kobs was ~8%, indicating that the P value of
2.0 can be written as P = 2.0 ± 0.16 (see [136] for the complete list of the standard error estimates of
kobs values). Adapted with permission from Ref. [136]. Copyright 2020 Biophysical Society.

From Figure 4, a majority of the NH protons have a P value below 2 and larger than or
equal to 0.8, indicating that these peptide NH protons are almost fully exposed to solvent
water in 6 M GdmCl. This is consistent with the previous reports that ubiquitin in concentrated
denaturant (6 M GdmCl or 8 M urea) at acidic pH is almost fully unfolded [155,167–170].
However, the 10 NH protons of Asn25, Ala28, Lys33, Gln40, Arg42, Gln49, Glu51, Asp52,
Glu64, and Ser65 were significantly protected with a P value larger than 3, and the ad-
ditional 14 NH protons of Lys6, Thr7, Lys11, Val17, Glu18, Thr22, Lys27, Lys29, Asp32,
Glu34, Leu43, Tyr59, Lys63, and Arg72 showed P values between 2 and 3. These results
thus clearly indicate the presence of residual structures in unfolded ubiquitin. Because the
protein was unfolded in 6 M GdmCl, it is most likely that these residues were protected by
the formation of an H-bond with a certain acceptor group.

When the H/D-exchange protection is brought about by the formation of the H-bond
with a specific acceptor group, we can estimate the fraction of H-bonding (f Hbond) for the
protected NH groups. Because only the non-H-bonded form of the NH proton is available
for H/D exchange, (1 − f Hbond) is equal to kobs/kint (= 1/P). Therefore, it follows that:

fHbond = 1− 1
P

(5)

When NH protons have P values larger than 3 and 2, the f Hbond values are larger than
0.67 and 0.50, respectively, from Equation (5). The free energy of the H-bond breakage
(0.0–0.41 kcal/mol) estimated from the f Hbond values is thus negligibly small as compared
with the unfolding free energy (7.5 kcal/mol) of ubiquitin [155]. Nevertheless, the f Hbond
values larger than 0.5 should be significant when we consider the kinetic folding mecha-
nisms of the protein, and some of these weakly protected residues may play an important
role in the formation of folding initiation sites at an initial stage of kinetic refolding of the
protein from the GdmCl-induced unfolded state.

To understand the relationships between the residual structure in unfolded ubiquitin
and the H-bonds formed in native ubiquitin, the H-bonding network in the native structure
is shown in Figure 5. From Figures 4 and 5, the NH protons of Asn25, Lys27, Ala28, Lys29,

330



Molecules 2022, 27, 3748

Asp32, Lys33, and Glu34, which are all significantly protected with a P value larger than 2,
are involved in the middle α-helix (Ile23–E34) in native ubiquitin, and each NH proton of
these residues forms an α-helical H-bond with the peptide CO group of the four amino-acid
residues earlier, except for Asn25 (Figure 5B). The Asn25 NH proton forms a more local
H-bond with the side-chain Oγ atom of Thr22, which acts as an N-cap residue of the
helix in native ubiquitin. These results thus clearly demonstrate the presence of a residual
structure in this α-helix of ubiquitin in 6 M GdmCl at pH* 3.3 and 15 ◦C, and Thr22 may
also function as a helix stop signal by forming the N-cap conformation as in the native
ubiquitin structure [171]. The NH groups of Thr7 and Val17, which form H-bonds with the
CO groups of Lys11 and Met1, respectively, in the N-terminal β-hairpin, also have P values
larger than 2 in the U state (Figure 5C), suggesting that the N-terminal β-hairpin may also
be partially preserved in unfolded ubiquitin. The other NH groups having a P value larger
than 2 in the N-terminal β-hairpin include those of Lys6 and Lys11. Although the NH
proton of Lys11 does not form a backbone H-bond in native ubiquitin, it forms a local
backbone to the side-chain H-bond with the Oγ of Thr7, and hence such a local backbone
to the side-chain H-bond may be at least partially preserved in unfolded ubiquitin and
may stabilize the residual structure of the N-terminal β-hairpin (Figure 5C). Previous
NMR studies on HN–NN residual dipolar couplings, chemical shifts, 3JHNHA couplings,
relaxation rates, and h3JNC′ couplings have also shown that the native-like first β-hairpin
conformation was populated to at most 25% in unfolded ubiquitin in 8 M urea [172–175].
From these results, we conclude that there are native-like residual structures in the middle
helix and the N-terminal β-hairpin in unfolded ubiquitin in 6 M GdmCl and that these
residual structures may play an important role at an initial stage of kinetic refolding from
the unfolded state.
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Figure 5. The H-bonding network observed in native ubiquitin (PDB code: 1UBQ). (A) A whole view,
and (B–E) closer views of (B) the middle α-helix, (C) the N-terminal β-hairpin, (D) the one-turn 310

helix (Pro38–Gln40), and (E) the Type II β-turn (Gln62–Ser65) and the one-turn 310 helix (Ser57–Tyr59)
are shown. The H-bonds of the NH protons of Thr7, Val17, Lys27, Ala28, Lys29, Asp32, Lys33, Glu34,
Gln40, Tyr59, and Ser65 with the CO groups of their counterparts are shown as green lines. The
local H-bonds formed by the NH protons of Lys11, Asn25, and Glu51 with the side-chain atoms
of Thr7, Thr22, and Tyr59, respectively, are shown as brown lines. The red gradient indicates the
same P value scale as shown in Figure 2. Adapted with permission from Ref. [136]. Copyright 2020
Biophysical Society.

In support of this conclusion, a pulsed H/D-exchange study with rapid mixing meth-
ods and 2D NMR analysis by Briggs and Roder [72] has shown that the NH protons in
the α-helix and the β-hairpin of the fast-folding species (ca. 80%) of unfolded ubiquitin
become protected in an initial 8 ms folding phase from the GdmCl-induced unfolded state

331



Molecules 2022, 27, 3748

of ubiquitin. Went and Jackson [163] performed a comprehensive φ-value analysis on the
structure of the transition state ensemble of the ubiquitin folding and showed that medium
and highφ values were found only in the N-terminal β-hairpin and the middle helix, which
was also consistent with the above conclusion. The α-helical residual structure as detected
by the unfolded-state H/D-exchange NMR spectroscopy in a concentrated denaturant
solution was also observed in cytochrome c in 6 M urea [91], suggesting that the present
observation of the residual structure may not be a rare example.

Three locally stabilized H-bonds, which form two one-turn 310 helices (Gln40–Pro37
and Tyr59–Leu56) and a type II β-turn (Ser65–Gln62) in native ubiquitin, are also partially
preserved in 6 M GdmCl. The NH proton of Gln40, which has a P value of 5.5 (f Hbond = 0.81),
forms H-bonds with the CO groups of Pro37 and Pro38 (Figure 5D). The NH proton of
Tyr59, having a P value of 2.5 (f Hbond = 0.60), forms an H-bond with the CO group of Leu56.
The NH proton of Ser65, having a P value of 3.5 (f Hbond = 0.71), forms an H-bond with the
CO group of Gln62 (Figure 5E). Therefore, these locally stabilized H-bonds may not be fully
disrupted even in 6 M GdmCl. However, it is not yet clear whether these local H-bonding
interactions are important for the kinetic folding mechanisms of ubiquitin, because there is
a dearth of experimental data concerning the effects of these local H-bonds on the kinetics
of the ubiquitin folding.

The NH protons of the three residues of Arg42, Glu64, and Arg72 form native H-bonds
with the backbone CO groups of Val70, Gln2, and Gln40, respectively [154], and have
P values of 2.7 to 6.5 in unfolded ubiquitin (Figure 4). However, these are nonlocal H-bonds
formed between residues at least 28 residues apart from each other, and such nonlocal
H-bonds in native ubiquitin may not be stably formed in the U state in 6 M GdmCl. These
NH protons may thus be protected by non-native H-bonding interactions. In fact, certain
other NH protons, including those of Leu43, Gln49, Asp52, and Lys63, which have P values
of 2.1 to 7.5 (Figure 4), are protected by non-native H-bonding interactions in 6 M GdmCl,
because these NH protons do in fact lack backbone H-bonds in the native structure. The
majority of residues with a P value larger than 3 are either charged or contain a side-chain
amide or guanidinium group (Arg42, Gln49, Glu51, and Glu64). It is thus also possible that
the protection might be afforded by the H-bonding between the backbone NH and its own
side-chain atoms.

4. Conclusions

1. We described the DMSO-quenched H/D-exchange 2D NMR spectroscopy and its
applications in protein science. The DMSO-quenched method is superior to the
conventionally used refolding-quenched method, because the former allows us to
monitor the H/D-exchange kinetics of not only the protected NH protons but also the
nonprotected NH protons in the N state.

2. We described the improvement of the DMSO-quenched H/D-exchange method by
the use of spin desalting columns and gave the methodological details of the use of
spin desalting columns.

3. We presented a case study in which we characterized the H/D-exchange kinetics of
60 peptide NH protons in unfolded ubiquitin in 6 M GdmCl by the improved DMSO-
quenched method. The residual structures were preserved in the middle α-helix and
the N-terminal β-hairpin in unfolded ubiquitin with a protection factor P larger than
2 (i.e., a fraction of H-bonding f Hbond of larger than 0.5), and these residual structures
may play an important role in the folding process as nucleation sites and guide the
subsequent folding reactions to the N state.
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Abstract: Quite a long time ago, Oleg B. Ptitsyn put forward a hypothesis about the possible functional
significance of the molten globule (MG) state for the functioning of proteins. MG is an intermediate
between the unfolded and the native state of a protein. Its experimental detection and investigation
in a cell are extremely difficult. In the last decades, intensive studies have demonstrated that the
MG-like state of some globular proteins arises from either their modifications or interactions with
protein partners or other cell components. This review summarizes such reports. In many cases,
MG was evidenced to be functionally important. Thus, the MG state is quite common for functional
cellular proteins. This supports Ptitsyn’s hypothesis that some globular proteins may switch between
two active states, rigid (N) and soft (MG), to work in solution or interact with partners.

Keywords: globular protein; rigid native state; molten globule; intrinsically disordered; functional
state; unfolded state; coil; post-translational modifications; membrane; chaperone

1. Introduction

The compact state of a protein molecule, characterized by a pronounced secondary
and fluctuating tertiary structure, was theoretically predicted by O.B. Ptitsyn [1] and exper-
imentally proved by his team [2–4]. Later, this state was called a “molten globule” [5–7],
and was in vitro observed for many proteins under moderately denaturing conditions
in vitro (see reviews [8–10]).

The last three decades demonstrated a significant progress in the theory of protein
folding [11–22] and intensive studies of a wide range of proteins [23–33]. The development
of experimental approaches and the use of new techniques, especially such as nuclear
magnetic resonance NMR (in some modifications) and fluorescence, made it possible to
follow changes in the protein structure under cell-like conditions [24–33]. Many studies
directly or indirectly imply the presence of molten protein globules under these conditions.

The discovery of intrinsically disordered (or natively unfolded) proteins (IDPs) com-
prehensively described by Tompa [34] (see reviews [35–37]) revealed that some of them
are in the MG state, while the structure of others is closer to the unfolded state. The latter
are sometimes referred to as “pre-MGs”. It has become clear that many protein functions
require the rigid N state of the protein, while the others require their more or less disor-
dered states. The latter have several properties similar to the MG state, but some properties
distinguish typical IDPs from typical MGs. (see Table 1 and [38–43]).

It is possible to distinguish the MG state of a protein (or, by the original definition,
“protein with fluctuating tertiary structure”) from IDP due to the differences in changes of
their properties under different impacts.

Here, we do not discuss natively unfolded proteins but focus on the MG of “normal”
globular proteins.
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Table 1. Differences in the properties of the MG state of proteins and IDP.

Impact Type
and Conditions

MG State,
Globular Proteins

IDP State, Natively
Unfolded Proteins

Unfolding by strong denaturants Global unfolding to the coil state Usually, no further global unfolding, but
disruption of local structures is possible

Heat effect Decrease in secondary structure content Structuring, heat resistance

Different behavior of normalized SAXS
curves (Kratky plots) [38,39]

Bell-shaped curves with a
pronounced maximum Monotonic curve rising (no maximum)

H/D exchange [40,41] Slightly elevated exchange as compared
to the N state

The exchange is orders of magnitude
higher than that for MG

Gel filtration, electrophoresis [42,43] Increase in hydrodynamic volume by
20–50% as compared to the N state

Hydrodynamic volume is 400–600%
larger when compared to the N state of

globular proteins with the same
molecular weight

There are three important issues to be addressed:

(1) Why proteins adopt the MG state;
(2) What impacts cellular proteins causing a change in their stability and transition to

MG;
(3) What functions the molten protein globule performs in the cell.

For convenience, we divide issue (2) into subsections by the impact type:

- Post-translational protein modifications: acetylation, phosphorylation, ubiquitination,
glycation, and others.

- Protein–protein interactions: substrate–receptor, multimers, modular proteins.
- Protein–membrane interactions.
- Protein–chaperone interactions.
- Protein interactions with specific adapter proteins.

2. Physics of the MG

Depending on ambient conditions, the most stable state of a protein chain may be
neither rigid (solid) nor completely unfolded (coil) but “molten”.

In the majority (but not all) of proteins, the MG in vitro arises either from the N state
under the effect of a moderate denaturant, with the further transition to the coil as the
denaturant concentration grows, or from the coil due to denaturant dilution [9]. The MG-
like state also results from heat denaturation (melting) of a rigid globule. The N-to-MG
transition is of the “all-or-none” type. Typically, MG does not undergo further “all-or-none”
melting or swelling; rather, its unfolding looks like a cooperative though broad S-shaped
transition observed by optical methods such as CD and fluorescence [9]. However, some
rigid proteins (especially small ones) unfold directly into coils without any intermediate
state [44].

MG is a “soft” [9] state that shows similarity to a rigid protein in many aspects.
Reinforced by hydrogen bonds, its secondary structure is a well-developed and stable until
the globule is “dissolved” by a solvent. However, the MG’s side chains lose their dense
packing but acquire freedom of movement (that is, they lose energy but gain entropy). The
liberation of the side chain rotational isomerization is the main driving force of protein
melting [45].

Since most of the protein chain degrees of freedom relate to the small-scale side chain
movements, it is their liberation that can make the MG thermodynamically advantageous.
The liberation of small-scale side chain rotational isomerization does not require the com-
plete unfolding of the globule; slight swelling would be enough. This swelling, however,
leads to a significant decrease in the van der Waals attraction, which strongly depends
on the distance, and even a slight increase in the globule’s volume is enough to reduce
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it greatly. Generally, all of this is like the melting of a crystal, where a slight increase in
volume reduces van der Waals interactions and liberates the motion of the molecules.

Unlike common polymer globules, the protein chain covered with different side chains
cannot unfold by gradual swelling, because these side chains cannot change their positions
independently; the rigid protein chain controls the positions of many side chains sitting at
it, and this entire “forest” of side chains has to move as a whole.

Before the discovery of the MG state, protein denaturation was considered as com-
plete unfolding of the protein structure; that is, as the transition to the coil. After this
discovery [46–48], it became clear that the denatured protein can be either dense or loose,
depending on the solvent’s strength and the hydrophobicity of the protein chain [2,45–49].

The pores in the MG (i.e., the vacant space necessary for side chain movements) are
usually “wet”; that is, they are occupied by the solvent [45,50] because a water molecule
inside the protein is still better than the vacuum. Experimentally, the “wetness” of the
MG is proven by the absence of a visible increase in the protein partial volume [30] after
denaturation of almost any type. A “dry” state of the pores is thermodynamically less
stable [51,52], yet it is observed in some kinetic processes [26,51].

The MG compactness is maintained by residual hydrophobic interactions that are at
least three times weaker than those within the native protein [31]; the fact that even these
residual contacts are absent for some side chains emphasizes the heterogeneity of MG [9].

3. Cellular Events Causing Changes in Protein Structure Stability and Leading to the
Transition to the MG
3.1. Post-Translational Modifications

In terms of protein structure, post-translational modifications can be equated to muta-
tions. Most of them occur on the surface of a protein globule and do not have a significant
effect on the protein structure. The result of some other modifications is the loss of the
dense packing and transition to the MG-like state. Modifications of certain protein activities
are known to require a change in ambient conditions [52] or local unfolding of the sites
of the modifications [53–55], or (sometimes) partial denaturation [56], i.e., transition to a
“softer” state.

For example, the tumor suppressor protein p53 is susceptible to a variety of mod-
ifications that change its functions in response to cellular stress, including acetylation,
methylation, phosphorylation, and ubiquitination [56]. Specifically, p53 is the prime ex-
ample of a protein whose acetylation requires partial denaturation. As another example:
the peptidyl prolyl isomerase Pin1 can be modified by phosphorylation, ubiquitination,
sumoylation, or oxidation, depending on the function that it will perform in the cell [57].

3.1.1. Acetylation

Acetylation (mainly at Gln or Lys) is a reversible post-translational protein modi-
fication crucial for the regulation of gene expression [53,56,58]. It mainly affects large
macromolecular complexes, such as chromatin remodeling, cell cycle, splicing, nuclear
transport, actin nucleation, and others [53,54,57,59,60]. For histones, acetylation is critical
because it triggers DNA transcription [61,62]. Moreover, acetylation can reduce interactions
dependent on phosphorylation [61]. The acetylated N-terminus of a protein chain can
create a specific signal for chain degradation [63].

Acyl groups that recognize elements of protein–protein interactions can vary from
simple acetate to modified long-chain fatty acids required for the interaction with mem-
branes and affecting signal transduction. They attach to various amino acids (Lys, Cys,
and Ser/Thr), which can change the hydrophobicity of a protein and modify its functions.
Myristoyl- and palmitate-induced modifications of Cys residues increase the protein affinity
for membranes [64]. Thus, acylation is one of the key regulators of cellular pathways.
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3.1.2. Phosphorylation

Phosphorylation is the main mode of external signal transduction. ATP was shown to
induce a conformational transition in proteins [65]. Signal transduction is associated with
the modification of proteins that receive a signal from outside. These proteins interact with
a large class of molecules known as adapter proteins and organizing centers (hubs) (SH2,
SH3, 14-3-3, AKAPs), where the bound proteins undergo modification by phosphatases
and kinases, and move within the cell and elsewhere [54,55,66].

3.1.3. Ubiquitination

Ubiquitin (Ub) participates in many cellular events [67–79] including cell division,
cell differentiation, signal transduction, movement of proteins within the cell, quality
control, signaling, and endocytosis. Additionally, ubiquitin controls protein degradation
and participates in DNA repair, endocytosis, autophagy, transcription, and immune system
support. Ubiquitin binds to partners either as a single protein or in the form of Ub chains
and interacts with Ub-receptors. The attachment of one to three Ub molecules affects the
movement of proteins within the cell, and the addition of four or more (up to 16) Ub
molecules directs the protein to degradation [69–71].

3.1.4. Glycation

Glycation is another modification that affects the protein structure [80]. The addition
of sugars manifests as early as during biosynthesis. Attachment of any type of sugar to
in-protein residue results in the surface localization of this residue where it stays during
the folding process. When the folding is completed, a specific enzyme removes the sugar
molecule, but the labeled amino acid residue remains on the surface of the protein and
participates in further events.

3.2. Protein–Protein Interactions

The interaction of protein ligands with protein receptors is a common event in the
cell; one of the most studied interacting pairs is insulin and its receptor [81–90]. Using this
system, it was demonstrated that during the interaction changes occur in the structures
of both the hormone and the receptor. Both insulin and its receptor are water-soluble
proteins. Independent experiments showed that in appropriate conditions, the denaturant-
affected structures of these proteins undergo the N-to-MG transition. Surprisingly, when
in a complex, the structures of both insulin and its receptor remain similar to their MG in
solution. This is direct evidence that these proteins change their rigid structure to a softer
one capable of interaction.

Similar changes were observed for the relaxin protein family related to insulin [91].
Importantly, during protein–protein interactions, a part of the surface that was in

contact with water appears in a hydrophobic environment, which can cause rearrangement
of the structure [81–90]. During the formation of multimeric and modular proteins, changes
in their structures also result in more stable complexes [92,93].

3.3. Protein–Membrane Interactions

In 1988 we suggested that the membrane surface can influence the structure of pro-
teins. Because of the proximity of a poorly (compared to water) polarized membrane, our
experiments were performed at low dielectric permittivity and low pH. They evidenced
the actual membrane impact on the protein structure (see reviews [25,94–96]). The study of
apomyoglobin showed that in the presence of phospholipid vesicles at neutral pH, both
its native and unfolded forms bind to the vesicle surface, showing properties similar to
those of MG, i.e., both forms undergo conformational changes upon interaction with the
membrane. For myoglobin the effect of membrane proximity is not so pronounced, but
it is still significant. This influence is of decisive importance for the myoglobin-induced
exchange of oxygen and carbon dioxide near the mitochondrial membrane.
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3.4. Protein–Chaperone Interactions

Chaperones (specific assisting proteins) play a very important role in cell life. They
bind to both native and unfolded proteins, providing their transition to the MG state and
protecting them from random interactions, aggregation, and degradation [97–102].

Chaperones bind kinetic intermediates during protein folding, thereby shielding them
from aggregation and side interactions. They ensure the correct folding of both monomeric
proteins and oligomeric subunits, and the formation of oligomeric proteins [103]. Chaper-
ones can transport newly synthesized proteins from the place of biosynthesis to the place
of functioning. Their main role is to prevent non-specific interactions between proteins and
keep them in a state competent for various processes in the cell. The binding of proteins to
chaperones and their release consumes ATP energy [103]. Chaperones are also involved in
protein quality control [72,104] and protein degradation [105].

3.5. Protein Interactions with Specific Adapter Proteins and Organizing Centers

Signal transduction within the cell requires precise work of the cellular regulatory
system; to meet this requirement, specific protein domains interact with each other and
different components of the cell. The modular nature of these domains allows their con-
current interaction with a variety of proteins [106,107]. They are known to recognize
post-translational modifications [108–113], but because many of them are natively unfolded
proteins they are not considered here.

However, among the adapters, there is at least one compact system that includes
proteins of the 14-3-3 family [106,107,114–116]. The system received the strange name
“14-3-3” due to the technique of isolation on chromatographic columns and testing by
electrophoresis. For its main isoform (ζ), the crystal structure was deciphered back in
1995 [117,118]. It is a dimer consisting of two chains, each of which contains nine antiparallel
helices; they form a horseshoe-like region between two structures where the substrate binds.
There are nine isoforms of this protein, the combination of which allows the binding of
multiple proteins. These isoforms recognize substrate proteins phosphorylated at Ser or
Thr and can bind them by one or by two, depending on the cellular process. Such binding
changes the conformation of the partner and brings the substrate proteins closer to one
another, thus facilitating their interaction. It can also open an active site of the bound
substrate, while other regions of this substrate can be shielded from currently unnecessary
and even dangerous interactions with the main part of the protein [119–121].

The involvement of an adapter protein in the stabilization of the active site structure
increases both the substrate binding and the yield of the reaction product, and this directly
indicates the regulation of the catalytic activity of the bound substrate protein [117,122].

The structural basis for the interaction of 14-3-3 proteins with their substrates is
described in [119–121]. As discovered, even disordered regions of the bound substrate
protein acquire a well-structured shape upon interaction with a 14-3-3 protein [120,121,123].
Thus, it can be assumed that binding/release with 14-3-3 proteins can lead to the transition
of the protein structure from rigid to soft and vice versa.

4. Functions of the Molten Protein Globule in the Cell

The development of new, more sensitive, and accurate research methods leads to the
revision of some of the kinetic and equilibrium data, so the interpretation of these data may
change [124,125]. For example, several proteins whose folding was previously believed
to be a 2-state process were found to have compact folding intermediates with properties
like those of MG [123,124]. This was observed for some cold shock proteins [126], the B1
domain of the G protein [127], single-chain monellin [128], RNase A [129], and the bacterial
immune protein Im7 [130].

The experimental discovery of a “dry” MG as an unstable kinetic folding intermediate
has presented some new data [26,52]; initially, the “dry” MG was predicted by Shakhnovich
and Finkelstein [45,50] along with the much better known “wet” MG which is a stable
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folding intermediate. The presence of both the “dry” and “wet” MG was detected in
monellin [26], the villin headpiece subdomain [131], E. coli DHFR [132], and RNase A [133].

Because some steps of enzymatic catalysis require structural flexibility, the biologically
active conformational states other than fully folded structures may be more frequent than
it was thought previously. For example, according to [134], the “non-native” state of
acylphosphatase from Sulfolobus solfataricus shows enzymatic activity.

It was found that sometimes MGs occur outside the folding pathway in proteins with
substituted amino acids, as exemplified by apoflavodoxin. Since MG are generally prone
to aggregation, their presence outside the folding pathway increases the risk of protein
accumulation, which can adversely affect the organism [134,135]. In 2003, Dobson compre-
hensively investigated how MG formation and aggregation can cause protein misfolding
and aggregation, which results in numerous pathologies [136]. Later, he detected the other
associations between the observed abnormalities in protein folding and diseases [136,137].

Surprisingly, the complex of human milk protein α-lactalbumin (αLA) with oleic acid
(HAMLET) can kill cancer cells. In this complex, αLA is neither active nor “native” but
preserves the MG state [138,139].

A similar complex with lysozyme also shows bactericidal activity, causing DNA
fragmentation [139,140].

To date, ample evidence for the functional significance of many MG-like proteins
has been reported [141]. This is true for the protein p53 [98], ferredoxin [142], alpha-
mannosidase [143], melanogaster crammer [144], glycated serum albumin [80], and others.
Some of them were reviewed by Bychkova et al., 2018 [10]. Moreover, the functional signifi-
cance of such protein states is shown for the monomeric form of chorismate mutase [145],
dihydrofolate reductase [146], ubiquitin [147], periplasmic binding proteins [148], staphylo-
coccal nuclease [148], and α-galactosidase (cicer α-galactosidase) [149] (of course, we do
not claim that a functional MG-like state is mandatory for all proteins).

An interesting observation concerning the metmyoglobin (MetMb) structure was
reported back in 1998, although its altering conformation was not the focus of this study. The
conformation changed during the transition of non-active MetMb to its active form capable
of O2 binding. The transition pathway included an intermediate allowing further relaxation
of the protein to form active deoxyMb, as was observed by the changing Soret band. This
transition was catalyzed by MetMb reductase [150], which suggests that enzymes interacted
with proteins in an intermediate state facilitating the reaction.

5. Conclusions

Summing up this review, we can state the fact that in the cell, some active proteins can
have both the rigid structure typical of enzymes and that of an MG. In one of his re-views,
Oleg B. Ptitsyn put forward a hypothesis that there could be two types of the “native”
protein state, hard and soft. Since the “native state of a protein” usually implies the state that
allows protein functioning, this prediction is apparently true for many proteins that display
activity when their structure is MG-like. The experimental data obtained for different
proteins speak for the proposed hypothesis that the transition of a protein to the state of an
MG in a cell is not something extremely rare and exceptional. At least for some proteins, the
state of the MG is necessary for the performance of their functions. This situation suggests
the need to consider the conformational state of the protein when studying its activity both
in the cell and in vitro, especially when projecting research results from one condition to
another. The cell is a storehouse for unexpected phenomena and discoveries. Hopefully,
the development of new and more sensitive methods or the improvement of those already
in use will lead to the discovery of novel proteins functioning in the MG state.
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Abstract: Alzheimer’s disease is understood to be caused by amyloid fibrils and oligomers formed
by aggregated amyloid-β (Aβ) peptides. This review article presents molecular dynamics (MD)
simulation studies of Aβ peptides and Aβ fragments on their aggregation, aggregation inhibition,
amyloid fibril conformations in equilibrium, and disruption of the amyloid fibril by ultrasonic
wave and infrared laser irradiation. In the aggregation of Aβ, a β-hairpin structure promotes the
formation of intermolecular β-sheet structures. Aβ peptides tend to exist at hydrophilic/hydrophobic
interfaces and form more β-hairpin structures than in bulk water. These facts are the reasons why the
aggregation is accelerated at the interface. We also explain how polyphenols, which are attracting
attention as aggregation inhibitors of Aβ peptides, interact with Aβ. An MD simulation study of the
Aβ amyloid fibrils in equilibrium is also presented: the Aβ amyloid fibril has a different structure
at one end from that at the other end. The amyloid fibrils can be destroyed by ultrasonic wave and
infrared laser irradiation. The molecular mechanisms of these amyloid fibril disruptions are also
explained, particularly focusing on the function of water molecules. Finally, we discuss the prospects
for developing treatments for Alzheimer’s disease using MD simulations.

Keywords: molecular dynamics simulation; replica permutation method; amyloid-β; aggregation;
disaggregation; β-sheet; α-helix; interface; inhibitor; polyphenol

1. Introduction

Proteins are normally folded correctly in vivo to maintain their functions. However,
when their concentration increases due to, for example, aging, they aggregate to form
oligomers, spherical aggregates, and amyloid fibrils, needle-like aggregates. These protein
aggregates are associated with about 40 human neurodegenerative diseases [1–3]. For
instance, amyloid-β (Aβ) peptide is related to Alzheimer’s disease. Huntington’s disease
is caused by polyglutamine. Parkinson’s disease is associated with α-synuclein. Dialysis-
related amyloidosis is caused by β2-microglobulin.

Alzheimer’s disease is one of dementia and is characterized by brain atrophy and
senile plaques in the cerebral cortex [4,5]. The senile plaques are caused by the depo-
sition of Aβ peptides on the brain cells [6,7]. Aβ is produced by proteolytic cleavage
of the amyloid precursor protein and consists of 39–43 amino acid residues [8]. It usu-
ally consists of 40 or 42 amino acid residues. Aβ peptide with 40 residues is referred to
as Aβ40, and that with 42 residues is referred to as Aβ42. The amino acid sequence of
Aβ40 is DAEFRHDSGYEVHHQKLVFFAEDVGSNKGAIIGLMVGGVV, and that of Aβ42 is
DAEFRHDSGYEVHHQKLVFFAEDVGSNKGAIIGLMVGGVVIA.

The structure of the Aβ amyloid fibril has been revealed by several experiments [9–14].
The main secondary structure of the Aβ amyloid fibril is the cross-β-sheet structure [9].
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Aβ peptides form two intermolecular β-sheet structures, β1 and β2 [10,11]. The β1 and β2
regions consist of residues 12–24 and residues 30–40, respectively, in Aβ40 [10], while the β1
and β2 regions consist of residues 18–26 and residues 31–42, respectively, in Aβ42 [11]. The
structures of individual Aβ peptides in the amyloid fibril models reported in Refs. [10,11]
seem to be U-shaped. Other structural models have been also reported because Aβ pep-
tides form polymorphic amyloid fibrils with various molecular structures depending on
experimental conditions. For example, Lu et al. reported a three-fold symmetric amyloid
fibril model consisting of three Aβ40 peptides [12]. The structure of Aβ42 in an amyloid
fibril revealed by Xiao et al. is S-shaped [13]. Gremer et al. reported that the N-terminus
of Aβ42 is L-shaped, and the C-terminus is S-shaped, giving the overall Aβ42 peptide an
LS-shaped structure in their amyloid fibril model [14].

The typical time course of the amyloid fibril formation is shown in Figure 1. First,
several Aβ monomers aggregate to form an oligomer. The oligomer then grows to an
amyloid fibril. Aβ peptides are attached to the ends of the amyloid fibril, making the
amyloid fibril elongate. When almost all Aβ peptides in the solution aggregate, the system
reaches thermal equilibrium, and the amyloid fibril stops the elongation. The amyloid fibril
can be destroyed by ultrasonic wave irradiation or infrared laser irradiation.
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The structural changes in the aggregation and disaggregation process have been in-
vestigated by molecular dynamics (MD) simulation. Numerous simulation studies have
been performed so far on the monomeric state [15–32], dimerization [33–46], oligomer-
ization [47–54], amyloid fibril elongation [55–68], amyloid fibril stability [69–79], and
destruction of amyloid fibrils [80–84]. Most of these studies are well summarized in the
review articles [85–88]. In this review, we explain the MD simulation studies on the
aggregation and disaggregation of Aβ peptides that we have performed. These studies
have elucidated the process from aggregation to disaggregation of the Aβ peptides at
the atomic level. In Section 2, we present an MD simulation study on the aggregation
process of Aβ fragments that revealed that the β-hairpin structure promotes the formation
of the intermolecular β-sheet structure [36]. In Section 3, we explain that Aβ peptides at
hydrophilic/hydrophobic interfaces form more β-hairpin structures than in the bulk wa-
ter [30]. This is one of the reasons why aggregation at the interface is promoted. Research on
the inhibition of aggregation of Aβ peptides has been ongoing, as well as their aggregation.
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Polyphenols have attracted attention as aggregation inhibitors for Aβ peptides. In Section 4,
we introduce an MD simulation study on the interaction between an Aβ fragment and
polyphenols [31]. When almost all the Aβ peptides form amyloid fibrils in an aqueous so-
lution, the system reaches equilibrium. An MD simulation study has recently revealed that
the structures of the two ends of the Aβ amyloid fibril are different in equilibrium [72]. We
describe this simulation study in Section 5. Amyloid fibrils can be destroyed by ultrasonic
wave irradiation or infrared laser irradiation. In Section 6, we explain an MD simulation
study revealing that the cavitation induced by the ultrasonic wave destroys the amyloid
fibrils [80]. In Section 7, we introduce an MD simulation study that clarified the function of
water molecules in laser-induced amyloid fibril destruction [84]. Section 8 is devoted to
the conclusions.

2. Aggregation of Aβ Fragments

To identify the important regions and amino acids in the amyloid fibril and oligomer
formation of Aβ peptides, several experiments have been performed using the full-length
Aβ peptides and Aβ fragments [89–93]. These studies revealed that the C-terminal region
of the Aβ peptide, Aβ(29–42), consisting of the 29th to 42nd amino acid residues, promotes
the amyloid fibril formation of the Aβ peptides [89]. Aβ(29–42) was also known to form
amyloid fibrils by itself [90–92]. In the early stages of amyloid fibril formation, oligomers
are formed. Recent studies have shown that oligomers are more neurotoxic than amyloid
fibrils [94,95]. To develop a remedy for Alzheimer’s disease, it is necessary to understand
the details of the oligomer structure and formation process of the Aβ peptides, but these
are not clear. We recently investigated the oligomer formation process of the Aβ(29–42)
peptides by MD simulation [36,50,96]. We introduce in this section the MD simulation
study on the Aβ(29–42) dimerization [36].

2.1. Hamiltonian Replica-Permutation Molecular Dynamics Simulation of Aβ(29–42) Peptides

We performed Hamiltonian replica-permutation MD simulations of two Aβ(29–42)
peptides in explicit water solvent [36]. The replica-permutation method [97] is one of the
generalized-ensemble algorithms [98–101] developed by the authors. This method is an
improved alternative to the replica-exchange method [102,103]. In the replica-exchange
and replica-permutation methods, several copies of the system, referred to as replicas,
are prepared, and each replica is assigned a different temperature. The temperatures are
exchanged between two replicas during the simulation in the replica-exchange method, as
shown in Figure 2a. In the replica-permutation method, on the other hand, the temperatures
are permuted between three or more replicas, as shown in Figure 2b. In addition, the
Suwa–Todo algorithm [104] is used instead of the Metropolis algorithm [105] for the replica-
permutation trials. The Suwa–Todo algorithm is the most efficient Monte Carlo method
and is utilized in several generalized-ensemble algorithms [22,97,106–110]. The replica-
permutation method is known to provide statistically more reliable data on biomolecular
structures than the replica-exchange method [97,106].

There are several variations of the replica-permutation method [22,106–108], such as
the Hamiltonian replica-permutation method [22], the isobaric-isothermal replica-permutation
method [107], the replica sub-permutation method [106], and the replica-permutation
with solute tempering [110]. In the Hamiltonian replica-permutation method, an artificial
parameter is introduced in the potential energy, and each replica is assigned a different
value for this parameter. Instead of the temperatures, the parameter values are permuted
between three or more replicas during the MD simulations. The method used here is the
Coulomb replica-permutation method [23], which is a kind of the Hamiltonian replica-
permutation method [22]. In this method, a parameter is introduced in the electrostatic
potential energy, and the values of this parameter are permuted.
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The MD simulations were performed as follows. Two Aβ(29–42) molecules with
explicit water molecules were first prepared in a cubic simulation box. The N-terminus
and C-terminus of Aβ(29–42) were blocked by the acetyl group and the N-methyl group,
respectively. The amino acid sequence was Ace-GAIIGLMVGGVVIA-Nme. The AMBER
parm99SB force field [111] and TIP3P rigid-body model [112] were used for the Aβ(29–42)
peptides and water molecules, respectively. Temperature was controlled at 300 K by the
Nosé–Hoover thermostat [113–115]. Coulomb replica-permutation MD simulations were
performed with eight replicas from three different initial conditions. The simulation time
was 200 ns, including 10 ns equilibration, for each replica. The total time length of the
production runs of the Coulomb replica-permutation MD simulations was 4.56 µs. Other
simulation details can be found in Ref. [36].

2.2. Dimerization of Aβ(29–42) Peptides

The dimerization of the Aβ(29–42) peptides was observed in the Coulomb replica-
permutation MD simulations. The MD simulations showed that the dimer formation
process proceeds in two steps. First, the β-hairpin structure increases when the two
Aβ(29–42) molecules approach each other, as shown in Figure 3a, followed by the formation
of a dimer with an intermolecular β-sheet structure. The reason for the increase in the
β-hairpin structure in the first step is that a structure like Figure 3b becomes stable. In
Figure 3b, Aβ(29–42) shown in yellow forms the β-hairpin structure, which is stabilized by
the intermolecular hydrophobic side-chain contact between the amino acid residues shown
by the yellow and green dots.

In the second step, it was found that the intermolecular β-sheet structures are readily
formed at the amino acid residues with the intramolecular β-sheet structures. In other
words, when the other Aβ(29–42) approaches the stable β-hairpin structure, the intermolec-
ular β-sheet structure is easily formed between the β-hairpin and Aβ(29–42). In this way,
the β-hairpin structure accelerates the formation of an oligomer with the intermolecular
β-sheet structure. Not only our MD simulation study [36] but also some recent experimen-
tal and computational studies reported that the β-hairpin structure plays an essential role
in the oligomer formation [35,116,117].
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3. Structure of an Aβ Peptide at an Air–Water Interface

Aggregation of Aβ peptides is accelerated at hydrophilic/hydrophobic interfaces,
such as air–water interfaces [118,119] and cell membrane surfaces [120,121]. One reason
why the Aβ aggregation is accelerated there is that the concentration of Aβ peptides is
higher at the interfaces because they have both hydrophobic and hydrophilic residues
and tend to exist there. In addition, we recently performed MD simulations of Aβ40 at
the air–water interface and found that it takes the β-hairpin structure more than in the
bulk water [30]. As shown in the previous section, the β-hairpin structure promotes the
intermolecular β-sheet formation. That is, the aggregation of Aβ peptides is enhanced not
only by the high concentration but also by the conformation of the Aβ peptide. In this
section, we explain the MD simulation study that revealed the structure of the full-length
Aβ peptide, Aβ40, at the air–water interface [30].

3.1. Molecular Dynamics Simulation of Aβ40 at the Air–Water Interface

We performed MD simulations of an Aβ40 peptide in a system with air–water inter-
faces. The air–water interface was prepared by removing half the water molecules in a
cubic simulation box. The side length of the box was set to 108.0 Å. For statistical analysis,
nine different initial conditions were employed using the combination of three different
coordinates and three different velocities. The initial structure of the Aβ40 peptide was
fully extended with all dihedral angles ϕ and ψ of 180◦ for all the three initial coordinates.
The MD simulation was performed from each initial condition for 240 ns including the
equilibration period of 10 ns. Temperature was controlled at 350 K using the Nosé–Hoover
thermostat [113–115].

For comparison, we also performed MD simulations of the Aβ40 peptide in the bulk
water. The initial structure of the Aβ40 peptide in the bulk the water was also fully extended.
Nine different initial conditions were prepared as well, with nine different initial velocities.
The side length of the cubic unit cell was 91.1 Å. The MD simulation was performed from
each initial condition for 240 ns including the equilibration period of 10 ns, again. For other
simulation details, please refer to Ref. [30].
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3.2. Molecular Structure of Aβ40 at the Air–Water Interface

We observed that Aβ40 existed at the air–water interface in all MD simulations with
the interface starting from nine different initial conditions. Figure 4a shows a typical
conformation at the air–water interface. The β1 and β2 regions are bound at the interface,
and the N-terminal region and the linker region between β1 and β2 are in the aqueous
solution. These results mean that Aβ40 tends to exist at the air–water interface because
the hydrophobic residues of Aβ40 tend to exist in the hydrophobic region (air), and the
hydrophilic residues tend to exist in the hydrophilic region (water). That is, the Aβ peptide
can be regarded as an amphiphilic molecule, such as a surfactant, and tends to exist at a
hydrophilic/hydrophobic interface.

In order to clarify the Aβ40 structure at the interface, the average distance between
the Cα atoms of each residue and the interface was calculated, as shown in Figure 4b.
The positive value indicates that the Cα atom of that residue is in the water, and the
negative value indicates that it is in the air. We can see that Aβ40 has an up-and-down
shape at the air–water interface. This result agrees well with the NMR experiments for
the Aβ40 structure on lyso-GM1 micelles [122], in which Val12–Gly25, Ile31–Val36, and
Val39–Val40 of Aβ40 (red lines in Figure 4b) were found to bind to lyso-GM1 micelles.
In addition, these results also agree with the Aβ40 conformation on GM1 micelles [123].
Thus, we can infer that the up-and-down shape of Aβ40 at the interface may hold for other
hydrophilic/hydrophobic interfaces in general.
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Figure 4. (a) A typical snapshot of the Aβ40 peptide at the interface. (b) The average distance
between the Cα atoms of each amino acid residue of the Aβ40 peptide and the interface. The red lines
represent the residues that were bound to the lyso-GM1 micelle in the experiment [122]. Reprinted
with permission from Ref. [30]. Copyright 2019 American Chemical Society.

We calculated the intramolecular contact probabilities of the Cα atoms of Aβ40 to
reveal the effect of the interface on the Aβ40 conformation. Figure 5a,b show the prob-
abilities at the air–water interface and those in the bulk water, respectively. The β1 and
β2 regions form helix structures at the air–water interface. This result agrees well with
the experimental results on the lyso-GM1 micelles [122]. A β-hairpin structure is also
formed between the β1 and β2 regions. These secondary structures were formed during
the MD simulations as follows. The β1 and β2 regions first formed helix structures at the
interface. The helix structure of the β1 region was then destroyed, and the extended β1
region approached the β2 region, forming a β-bridge. The helix structure in the β2 region
was destroyed, and the β-hairpin structure was finally formed.

In the bulk water, on the other hand, helix structures are formed in the β1 and β2
regions, whereas the β-hairpin structure is hardly formed, as shown in Figure 5b. The
difference between the β-hairpin formation probability at the interface and that in the bulk
water causes a difference in the oligomer formation ability since the β-hairpin structure
accelerates the intermolecular β-sheet formation with other Aβ peptides, as reviewed in
the previous section [36,50]. This fact is also pointed out by experimental studies [116,117].

Thus, we can infer that there are two reasons why the aggregation of Aβ peptides is
enhanced at the hydrophilic/hydrophobic interfaces. One reason is that the concentration
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of Aβ peptides increases at the interfaces since they have both hydrophilic and hydrophobic
residues and tend to exist there. The other reason is that Aβ peptides take the β-hairpin
structure, promoting aggregation.
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Next, we explain why the β-hairpin structure is stabilized at the hydrophilic/hydrophobic
interface. Since the β1 and β2 regions tend to exist at the interface, as shown in Figure 4,
these regions’ motion is restricted at the interface, that is, in two dimensions (Figure 6).
In the bulk water, on the other hand, the β1 and β2 regions can move relatively freely
in three dimensions. Entropy increases in the bulk water because the β1 and β2 regions
can take more conformations. However, the entropy increase is suppressed due to the
two-dimensional motion at the interface. To reduce the free energy, it is necessary to reduce
enthalpy at the interface. Therefore, hydrogen bonds are formed between the β1 and β2
regions to reduce the enthalpy under this restriction. As a result, the β-hairpin structure is
formed more at the interface.

We described here the structure of an Aβ peptide at the air–water interface. Several MD
simulations have been performed to investigate the structure of an Aβ peptide at interfaces
such as cell membrane surfaces, too [124–131]. An important membrane surface in the body
is monosialotetrahexosylganglioside (GM1) clusters on neuronal cell membranes, because
it is reported by experiments that Aβ peptide aggregation is promoted there [120,121].
MD simulation studies on the GM1 glycan cluster have also been performed [29,132]. The
GM1 glycan cluster in these studies consists of a self-assembled supramolecule and GM1
glycans transplanted on it [133]. The HHQ region (residues 13–15) was found to bind
well to the GM1 glycan cluster [29]. This fact is in good agreement with our results at
the air–water interface, where the β1 region (residues 10–22) is present at the air–water
interface. However, on the GM1 glycan cluster, Aβ formed an α-helix structure in the
C-terminal region, but did not form the β-hairpin structure between the β1 and β2 regions.
The reasons for this may be considered as follows. The GM1 glycan moiety on the self-
assembled supramolecule has lower fluidity than the GM1 clusters on the neural cell
membrane. Aβ, therefore, can reach only the GM1 glycan moiety that corresponds to the
headgroup of the GM1 cluster on the membrane. The interface between the GM1 glycan
region and the aqueous solution is not as different in hydrophilicity and hydrophobicity
as the air–water interface because the GM1 glycan moiety is relatively hydrophilic. The
reason for the β-hairpin formation is that the β1 and β2 regions are constrained at the
hydrophilic/hydrophobic interface, as shown in Figure 6. Thus, we can consider that the
β1 and β2 regions were not constrained on the GM1 glycan moieties of the GM1 glycan
cluster as much as the air–water interface, and the β-hairpin structure was not formed on
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the GM1 glycan cluster. We expect that Aβ peptides can reach the interface between the
GM1 glycan moiety and the lipid ceramide moiety and form the β-hairpin structure by
performing MD simulations of Aβwith the GM1 clusters on the neural cell membrane in
the future.
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4. Inhibitor against Aggregation of Aβ Peptides: Polyphenol

Not only the aggregation of Aβ peptides but also the inhibition of the Aβ aggregation
have been studied experimentally [134,135] and computationally [31]. It is known that
the aggregation of Aβ peptides is inhibited by polyphenols [135]. The polyphenols thus
have attracted attention as drug candidate molecules against Alzheimer’s disease. The effi-
ciency in inhibiting the Aβ aggregation has been investigated for several polyphenols [135].
According to recent experiments, myricetin (Myr) and rosmarinic acid (RA) (Figure S1)
are most effective in inhibiting the Aβ aggregation [135]. However, the molecular mech-
anism of these polyphenols inhibiting the Aβ aggregation is not revealed. We recently
performed MD simulations of an Aβ(16–22) peptide and these polyphenols to gain insight
into this problem [31]. The Aβ(16–22) peptides are known to form amyloid fibrils by
experiments [93]. It is relatively easy to reproduce the intermolecular β-sheet formation by
MD simulation [136–140]. We present the MD simulation study on the interaction between
the Aβ(16–22) peptide and these polyphenols [31] in this section.

4.1. Replica-Permutation MD Simulation of an Aβ(16–22) Peptide and Polyphenols

We performed all-atom replica-permutation MD simulations of an Aβ(16–22) peptide
and polyphenols [31]. Each system consists of one Aβ(16–22) peptide, one polyphenol
molecule (Myr or RA), and water molecules. For the RA system, we added a Na+ ion
as a counter ion. The N-terminus of the Aβ(16–22) peptide was blocked by the acetyl
group, and the C-terminus by the N-methyl group to reduce the effect of the N- and C-
terminal electric charges. The amino acid sequence is thus Ace-KLVFFAE-Nme. We used
the AMBER parm14SB [141] and generalized AMBER force fields [142] for the Aβ(16–22)
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peptide and polyphenol molecules, respectively. The TIP3P rigid-body model [112] was
used for the water molecules. To control the temperatures, the Nosé–Hoover thermo-
stat [113–115] was used. We employed 14 replicas in the replica-permutation simulations.
The temperatures of the replicas were ranged from 300.0 to 500.0 K. The Generalized-
Ensemble Molecular Biophysics (GEMB) program was used to perform the MD sim-
ulations. This program was developed by one of the authors (H. Okumura) and has
been applied to several protein and peptide systems [106–108,110,143–155]. We can per-
form MD simulations with the generalized-ensemble algorithms [98–100,156], such as
the replica-exchange [102,103], replica-permutation [22,97,157], multicanonical [158–161],
and multibaric-multithermal [162–165] methods, using this program. Here, a replica-
permutation MD simulation was performed for 120 ns for each replica, including the first
20 ns as the equilibration. We then observed how these polyphenols bound to the Aβ(16–22)
peptide. Other simulation details can be found in Ref. [31].

4.2. Structure of the Complexes of an Aβ(16–22) Peptide and Polyphenols

As a result of the MD simulations, we observed that polyphenols were bound to the
Aβ(16–22) peptide, as shown in Figure 7. Hydrogen bonds were formed, as indicated by
the cyan ovals in Figure 7, between the polyphenols and Aβ(16–22) peptide. In the Myr
system, the carboxyl group (-COO) of Glu22 often formed a hydrogen bond with a hydroxy
group (-OH) of Myr, as shown in Figure 7a. In the RA system, the amine group (-NH3) of
Lys16 often bound to the carboxyl group of RA, and the carboxyl group of Glu22 frequently
formed a hydrogen bond with a hydroxy group of RA, as shown in Figure 7b.

The contact probability of each amino acid residue of the Aβ(16–22) peptide with these
polyphenols was also calculated, as in Figure 8. Myr binds to Glu22 with the probability of
30%, as shown in Figure 8a. However, the other residues of the Aβ(16–22) peptide have
much lower contact probabilities with Myr. High contact probabilities in the RA system
are found at two residues, Glu22 with 71% and Lys16 with 17%, as shown in Figure 8b.
On the other hand, the hydrophobic residues (Leu, Val, Phe, and Ala) have low contact
probabilities in both systems. It is known that the Aβ(16–22) peptides form anti-parallel
β-sheets because of the electrostatic interaction between the carboxyl group of Glu22, which
has a negative charge, and the amine group of Lys16, which has a positive charge [53,137].
We can thus expect that the aggregation of the Aβ(16–22) peptides is inhibited by Myr and
RA because they bind to the side chains of Glu22 and Lys16, as shown in Figure 7.
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The contact probability of each atom of polyphenols was also calculated to specify
which atoms of polyphenols contribute to the interaction with the Aβ(16–22) peptide, as
shown in Figure 9. As a result, multiple adjacent hydroxy groups around six-membered
rings were found to have high contact probabilities with the Aβ(16–22) peptide in both
Myr and RA systems. The carboxyl group in RA also contacts the Aβ(16–22) peptide.
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Thus, we can expect that these atoms in polyphenols play an essential role in inhibiting the
Aβ(16–22) aggregation.
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5. Structures of the Two Ends of the Aβ Amyloid Fibril

The structures of Aβ amyloid fibrils have been clarified by X-ray diffraction and solid-
state NMR experiments [120,166,167]: the amyloid fibril has a cross-β structure comprising
two β-sheets, β1 and β2, as shown in Figure 10a. Here, the β1 and β2 regions correspond
to residues 18–26 and 31–42, respectively. However, it is generally known that the structure
in the bulk region and that at the interface are different in many materials, known as the
surface reconstruction of crystals [168] and polarization on water surface [169,170]. In the
case of the amyloid fibril, the bulk region corresponds to the central part of the amyloid
fibril, and the interface corresponds to the end of the amyloid fibril. The amyloid fibril
structure revealed by the experiments is that in the central region. The structures at the ends
of the amyloid fibril have not been revealed because only one or two Aβ peptides constitute
the end of the amyloid fibril, which cannot be measured by experimental techniques such
as X-rays and NMR. In addition, the amyloid fibril elongates by binding one Aβ peptide to
the end of the fibril. It is thus important to clarify the structure of the Aβ peptide at the
ends of the amyloid fibril to understand the elongation mechanism of the fibril.

We, therefore, performed MD simulations to investigate the structure of the amyloid
fibril ends [72]. As a result, not only the difference in Aβ structure between the ends and
the central region but also that between two ends were discovered. The two ends of the
Aβ amyloid fibril are referred to as the odd and even ends because C=O and N–H of the
odd-numbered (even-numbered) residues in the β1 region are exposed at the odd (even)
end [11]. Different molecular conformations between the odd and even ends had not been
reported before our MD simulations [10]. In this section, we introduce the MD simulation
study to reveal the structural differences at the odd end, in the central region, and at the
even end of the Aβ amyloid fibril [72].
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Figure 10. (a) A snapshot of the Aβ42 amyloid fibril in the MD simulation. (b) Time series of Cα–Cα

distance between A21 and V36 at the odd end, in the center region, and at the even end. (c) Side view
of chain C of model 1 of the PDB conformation (PDB ID: 2BEG) of the Aβ42 amyloid fibril. (d) The
average Cα–Cα distances of the Aβ42 amyloid fibril between F19 and G38 (orange), A21 and V36
(purple), and D23 and L34 (green). Panels (a,c) were created using PyMOL [171]. Reprinted with
permission from Ref. [72]. Copyright 2016 Springer Nature.

5.1. Molecular Dynamics Simulation of the Aβ Amyloid Fibril

We prepared an amyloid fibril consisting of 20 Aβ42 peptides with explicit water
molecules. Because the central structure of the Aβ amyloid fibril is known by solid-state
NMR experiments (PDB: 2BEG) [11], the initial structures of the Aβ amyloid fibrils in the
MD simulations were modeled using this structure. The AMBER parm99SB was used for
the Aβ peptide force field [111], and the TIP3P rigid-body model was used for the water
molecules [112]. The electrostatic interaction was calculated using the particle mesh Ewald
method [172], and the time step width for the Aβ peptide was set to 0.5 fs and that for the
water molecules to 4 fs. The water molecules were treated as rigid-body molecules [144].
The temperature was set to 298 K using the Nosé–Hoover thermostat [113–115], and the
pressure was set to 0.1 MPa using the Andersen barostat [173]. Then, 200 ns simulations
were performed from nine different initial conditions. We used the GEMB program [148]
here again. For other simulation details, please refer to Ref. [72].

5.2. Structure of Aβ Peptides at the Ends of the Aβ Amyloid Fibril

We unexpectedly observed that the N- and C-termini gradually opened at the odd
end, whereas these termini remained closed at the even end. In all simulations, the odd
end often opened, whereas the even end never opened. Figure 10b shows the time series of
the Cα–Cα distance between A21 and V36 at the odd end, in the central region, and at the
even end. The pair of Cα atoms of A21 and V36 is illustrated in Figure 10c. The Cα–Cα

distance between these residues clearly increased at the odd end. On the other hand, at
the even end, this Cα–Cα distance fluctuated, but did not increase so much. In the central
region, it was almost constant. Figure 10d shows the averages of three Cα–Cα distances
between F19 and G38, A21 and V36, and D23 and L34. The averages were taken over the
nine initial conditions at a time ranging from 100 to 200 ns. The differences in the three
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Cα–Cα distances between the odd end and even ends are statistically significant. It means
that not only from one MD trajectory but also after taking averages of nine MD trajectories,
we can see that the β-sheets were well separated at the odd end, whereas the two β-sheets
were closely spaced with some fluctuation at the even end. To illustrate this structural
difference at both ends clearly, Figure 11 shows the Aβ amyloid fibril and the side views of
the Aβ peptides at both ends.
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end. (c) Side view of the Aβ peptide at the odd end. The figures were created using PyMOL [171].
Reprinted with permission from Ref. [72]. Copyright 2016 Springer Nature.

In order to explain why the structures and fluctuations differ between the two ends,
we calculated the probability that each amino acid residue forms an intermolecular parallel
β-sheet structure, as shown in Figure 12a. Since 20 Aβ42 peptides were used, the horizontal
axis represents the peptide number (1–20) and the vertical axis represents the amino acid
residue number (1–42). The β2 region has a high formation probability of the intermolecular
parallel β-sheet structure, and the β1 region has a much higher probability than the β2
region. The reason for this difference is that β2 contains the glycine residues, which tend to
move easily. This result explains the large fluctuation at the odd end as follows. We can see
from the PDB structure that β2 does not exist directly below β1 because each Aβ peptide
is slightly tilted, as shown in Figure 12b. Therefore, β1 is more exposed to the solvent
at the even end, whereas β2 is more exposed to the solvent at the odd end, as indicated
by the dashed ellipses in Figure 12b. These two β-strands, β1 at the even end and β2 at
the odd end, are both exposed to the solvent and therefore tend to fluctuate. However,
as shown in Figure 12a, β1 forms a more stable intermolecular β-sheet structure with the
neighboring Aβ peptide, whereas β2 does not form such a stable intermolecular β-sheet
structure with the neighboring Aβ peptide. Therefore, the odd end, where β2 is exposed,
tends to fluctuate more and to take open and closed conformations.

It was experimentally known that the Aβ fibrils extend only in one direction [174,175].
This unidirectionality of the fibril extension implies that the odd and even ends take
different conformations, but it was not clear what exactly the structures of both ends
were. Our simulation study is the first work to reveal the difference in the structure and
fluctuation between the two ends of an amyloid fibril.
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Reprinted with permission from Ref. [72]. Copyright 2016 Springer Nature.

After we performed the MD simulations, the structure of a single amyloid fibril of
yeast prion protein sup35 was observed by high-speed atomic force microscopy [176]. This
experiment showed that the fluctuation was large at one end and small at the other end,
as we predicted from the MD simulations. In other words, the difference in the structures
and fluctuations of the two ends of the amyloid fibril that we predicted was confirmed by
the experiment.

6. Amyloid Fibril Disruption by Ultrasonic Waves

Amyloid fibrils can be destroyed by ultrasonic wave irradiation or infrared laser
irradiation. It has been suggested that the destruction mechanism by the ultrasonic wave
is due to cavitation (bubble formation), but the atomic-level details of how the bubbles in
water destroy the amyloid fibrils have not been understood experimentally. MD simulation
studies on cavitation had been performed mainly for simple liquids such as Lennard-Jones
liquids [177–180], but not for biomolecular systems. We recently performed nonequilib-
rium MD simulations of the destruction of the Aβ amyloid fibril by applying ultrasonic
waves [80]. In this section, we review the MD simulations of the amyloid fibril disruption
by the ultrasonic waves.

6.1. Molecular Dynamics Simulation to Mimic Ultrasonic Waves

We prepared amyloid fibrils consisting of dodecamer, hexamer, and trimer of Aβ
peptides with explicit water molecules. The numbers of water molecules are 10,168, 11,112,
and 11,591 for the dodecamer, hexamer, and trimer systems, respectively. Twelve, six, and
three sodium ions were also included as counter ions in the dodecamer, hexamer, and
trimer systems, respectively. After equilibration MD simulations, nonequilibrium MD
simulations were performed with time-dependent pressure to mimic the ultrasonic waves.
This pressure is expressed by a sinusoidal curve, which is given by

P(t) = P0 + ∆P sin
(

2πt
τ

)
, (1)
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where average pressure P0, pressure amplitude ∆P, and period τ were set as P0 = 100 MPa,
∆P = 200 MPa, and τ = 1 ns, as illustrated in Figure S2. The temperature was controlled at
298 K with the Nosé–Hoover thermostat [113–115]. The pressure was controlled with the
Andersen barostat [173]. We used the AMBER parm99SB force field [111] for the Aβ pep-
tides and the TIP3P rigid-body model [112] for the water molecules. The symplectic [181]
quaternion scheme [144,182] was used for the water molecules. The same MD simulations
were performed for 10 ns (=10τ) from 20 different initial conditions for statistical analysis.
These MD simulations were performed with the GEMB program [148], again. For other
simulation details, see Ref. [80].

6.2. Disruption of Aβ Amyloid Fibril by Ultrasonic Waves

The disruption process of the Aβ amyloid fibril by the ultrasonic wave is shown
in Figure 13. When the pressure was positive, there was no significant change in the
amyloid fibril and water structure. However, when the pressure became negative, a bubble
was generated around the amyloid fibril, often near the hydrophobic residues in the β2
region. When the pressure became positive again, the bubble collapsed and a water droplet
attacked the amyloid fibrils as a jet flow, resulting in the disruption of the Aβ amyloid fibril.
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Once the amyloid fibril was destroyed, the bubble formation was not observed again.
This result suggests that the hydrophobic residues in the β2 region serve as a nucleus for
the bubble formation. Even if the same number of hydrophobic residues exist in the water,
they cannot function as a nucleus unless assembled as the amyloid fibril. Therefore, we
also performed nonequilibrium MD simulations of amyloid fibrils consisting of six and
three Aβ peptides. Figure 14 shows how many times the pressure had been negative before
the bubbles were formed and the amyloid fibrils were disrupted in twenty MD simulations
for each system. In the dodecamer system, a bubble was formed at the first negative
pressure in fourteen MD simulations. In four MD simulations, a bubble was formed at
the second negative pressure. In two MD simulations, a bubble was formed at the third
negative pressure. However, it takes longer for shorter amyloid fibrils to be destroyed. In
the trimer system, in particular, a bubble was formed only in one MD simulation out of
twenty simulations. These results mean that it takes longer for a shorter amyloid to be a
nucleus for the bubble formation. Because the β2 region mainly consists of the hydrophobic
residues, these residues can be the nucleus for the bubble formation. The hydrophobic
residues in the short amyloid fibrils are not enough to function as a nucleus. This is why it
takes time for the bubble formation in the case of short amyloid fibrils.
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It was found in experiments that after amyloid fibrils were broken down into shorter
fibrils by ultrasonication, the lengths of the short amyloid fibrils were almost the same [183].
This experimental result can be explained from our MD simulations as follows. If the
amyloid fibril is longer than some critical length, the region with the hydrophobic residues
can be large enough as the nucleus for the bubble formation, and the bubble breaks down
the fibrils. On the other hand, if the amyloid fibril is not long enough, the hydrophobic
region is not enough, and the amyloid fibrils are not disrupted. This is why ultrasonication
makes the length of the amyloid fibril be almost the same.

7. Laser-Induced Disruption of the Aβ Amyloid Fibril

It is also known that amyloid fibrils can be broken down via infrared free-electron
laser (IR-FEL) irradiation. The destruction of amyloid fibrils via laser irradiation has been
studied using both experimental [184–186] and theoretical techniques [82]. Amyloid fibrils
form intermolecular hydrogen bonds between backbone C=O and N–H. Therefore, it was
assumed that when a laser that matches the frequency of the C=O stretching vibration
is irradiated, the C=O stretching vibration resonates and is amplified, which breaks the
hydrogen bonds and results in the disruption of the amyloid fibrils [82]. However, recent
experiments showed that Aβ amyloid fibrils under dry conditions are not destroyed by
the same laser irradiation; they are only destroyed in the presence of water [185]. This fact
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suggests that water molecules play an essential role in amyloid fibril destruction. However,
the role of the water molecules had not been known.

As the last topic of this review, we introduce our recent MD simulations for the disrup-
tion of an Aβ amyloid fibril via laser irradiation in an aqueous solution [84]. In this study,
we revealed a new role of water molecules in breaking hydrogen bonds in biomolecules;
this mechanism is different from water penetration under high pressure [100,148,187–189]
and water jets when ultrasonic waves are applied [80]. In addition, we succeeded in repro-
ducing an experimental observation [185], in which more α-helix structures are formed
after the laser irradiation, and explaining the reason for this phenomenon.

7.1. Molecular Dynamics Simulation to Mimic Laser Irradiation

In IR-FEL experiments, a sample is irradiated with an infrared laser that corresponds
to the backbone C=O stretching vibration (amide I band). To determine the resonance
wavenumber of the C=O stretching vibration of the model Aβ amyloid fibril, we first
performed equilibrium MD simulations of an amyloid fibril consisting of twelve Aβ42
peptides in an explicit water solvent. We used the GEMB program [148] again to perform
the MD simulations. The initial amyloid fibril conformations were prepared using model 1
of the 2BEG PDB conformation [11]. A total of 1 Aβ amyloid fibril, 36 sodium ions, and
25,480 water molecules were placed in a cubic simulation box with a side length of 96.324 Å.
The total number of atoms was 84,000. Six different initial conditions were prepared for the
statistical analysis.

We applied the AMBER parm14SB force field [141] to the Aβ peptides and counter
ions. We used the TIP3P rigid-body model [112] for the water molecules by adopting the
symplectic [181] quaternion scheme [144,182]. The MD simulations were performed at 310 K
and 0.1 MPa for 50 ns from the six initial conditions. The temperature was controlled using
the Nosé–Hoover thermostat [113–115]. The pressure was controlled using the Andersen
barostat [173]. The first 10 ns of the simulations were regarded as the equilibration, and the
following 40 ns were used for the analysis. We used the amino acid residues V18–D23 in the
β1 region and I31–V36 in the β2 region to calculate the infrared absorption spectrum of the
C=O stretching vibration. We then determined the resonance wavenumber in this model
fibril as 1676 cm−1. For comparison, we also performed equilibrium MD simulations of an
Aβ peptide for α-helix and random coil structures and calculated the infrared absorption
spectra of these structures.

After the resonance wavenumber was determined, we performed nonequilibrium
MD simulations of the Aβ amyloid fibril, applying a time-varying electric field with the
resonance wavenumber to simulate the IR-FEL irradiation. To mimic the IR-FEL irradiation,
an electric field was applied as a series of Gaussian-distributed pulses [82] with an interval
of 35 ps. Each pulse is expressed as

E(t) = E0 exp

(
− (t− t0)

2

2σ2

)
cos
(

ω(t− t0)
2
)

(2)

where E0 is the maximum intensity of the electric field, t is time, t0 is the time at E = E0, σ is
the standard deviation of the Gaussian distribution, and ω is the angular frequency related
to the wavenumber ν such that ω = 2πcν, where c is the speed of light. The wavenumber ν
was set to the resonance wavenumber 1676 cm−1, and E0 was set to 1 × 108 V/cm. The
value of σ was set to 1 ps to match that used in the IR-FEL experiments [185]. The final
conformations and velocities in the previous equilibrium MD simulations were used as
the initial conformations and velocities for the nonequilibrium MD simulations. Constant-
temperature MD simulations were then performed at 310 K for 1000 pulses, that is, for 35
ns. Other simulation details can be found in Ref. [84].
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7.2. Amyloid Fibril Disruption by Laser Irradiation

We observed that the amyloid fibril was gradually destroyed, as shown in Figure 15.
To quantify this result, we calculated the ratio of the amino acid residues that formed the in-
termolecular parallel β-sheet structure according to the DSSP criteria [190], as shown
in Figure 16a. Almost all the intermolecular β-sheet structures were destroyed after
1000 pulses. In Figure 15, we see that many helix structures (red ribbons) formed af-
ter the amyloid fibril was disrupted. We calculated the ratio of the amino acid residues in
the helix structures, as shown in Figure 16b. Here, the α-, 310-, and π-helices [190] were
included in the helix structures. This figure shows that the helix structures increased as the
intermolecular β-sheet structure was destroyed in the MD simulations. These results are
consistent with the IR-FEL experiments [185].
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To examine the role of water molecules in the amyloid fibril disruption, we focused
on the intermolecular β-bridges between two Aβ peptides. Figure 17 shows enlarged
snapshots of the Aβ amyloid fibril in a typical MD simulation run and the electric field pulse
intensity at the same time (red circles). Six intermolecular hydrogen bonds existed between
the two β-strands (inside the purple dashed line) in Figure 17a. These intermolecular
hydrogen bonds were broken by an electric field pulse in Figure 17b, and most of them
were broken by the end of the pulse (Figure 17c). However, these hydrogen bonds re-formed
after the pulse. During this re-formation, water molecules sometimes formed hydrogen
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bonds with the Aβ peptides (Figure 17d), but they soon separated from the peptides. The
two β-strands were eventually completely repaired (Figure 17e). Before this pulse, the
intermolecular hydrogen bonds between the Aβ peptides were repeatedly broken and
repaired after each electric field irradiation in the same way. Immediately after the hydrogen
bonds between the Aβ peptides were broken by the next pulse (Figure 17f), however, a
water molecule (the pink-highlighted water molecule) entered the space between C=O and
N–H, where the intermolecular hydrogen bond had been previously formed (Figure 17g).
This water molecule formed hydrogen bonds with the Aβ peptides and prevented the
hydrogen bond re-formation between C=O and N–H of the Aβ peptides in Figure 17h).
Another water molecule (the blue-highlighted water molecule) also entered the space
between the Aβ peptides and formed hydrogen bonds with the Aβ peptides. Some
hydrogen bonds of the red-highlighted water molecule were broken in Figure 17i, but the
blue-highlighted water molecule still formed some hydrogen bonds with the Aβ peptides.
Even after the red-highlighted water molecule separated from the peptides, the blue-
highlighted water molecule stayed in this location (Figure 17j). Other water molecules
then entered the gap between the Aβ peptides (Figure 17k). Because the hydrogen bonds
between the Aβ peptides were replaced by those between the Aβ peptides and the water
molecules, the intermolecular hydrogen bonds between the Aβ peptides could not be
re-formed before the next laser pulse. As a result, the intermolecular β-sheet of the Aβ
amyloid fibril was destroyed (Figure 17l). This phenomenon occurred throughout the
amyloid fibril, and the entire fibril was finally disrupted.
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To understand why helix structures increased after the laser irradiation, we performed
additional equilibrium MD simulations for α-helix and random coil structures of an Aβ
peptide. We then calculated the infrared absorption spectrum of the C=O stretching
vibration, as shown in Figure 18. We found that the resonance wavenumber for the random
coil structure was 1675 cm−1, which is close to that for the intermolecular β-sheet structure
and the laser wavenumber of this study, while the resonance wavenumber for the α-helix
structure was 1697 cm−1, which is far from these wavenumbers. These results mean that
helix structures can exist stably without breaking the hydrogen bonds between C=O and
N–H because their resonance frequency is different from the laser frequency used to destroy
the intermolecular β-sheet structure.
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Figure 18. Infrared absorption spectra of the backbone C=O stretching vibration that forms the
amyloid fibril (black), α-helix (red), and random coil (green). The snapshot images were created
using PyMOL [171]. Reprinted in part with permission from Ref. [84]. Copyright 2021 American
Chemical Society.
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8. Conclusions

In this review, we presented the molecular dynamics (MD) simulation studies of full-
length Aβ peptides and Aβ fragments that revealed the mechanism of their aggregation,
the inhibition of the aggregation, the amyloid fibril in equilibrium, and the disruption of the
amyloid fibril at the atomic level. We first explained that a β-hairpin structure enhances the
formation of an intermolecular β-sheet structure. The β-hairpin structure is more formed
at hydrophilic/hydrophobic interfaces. This is one of the reasons that the aggregation of
the peptides is accelerated at the interfaces. The other reason is that the Aβ peptide has
both hydrophilic and hydrophobic residues and tends to exist at the interfaces.

We also explained how polyphenols such as myricetin and rosmarinic acid interact
with an Aβ(16–22) peptide. Because the aggregation of Aβ(16–22) peptides is caused by
the electrostatic interaction between charged amino acid residues, Lys16 and Glu22, these
polyphenols are expected to inhibit the aggregation by forming hydrogen bonds between
these charged residues and the hydroxy and carboxyl groups of the polyphenols.

When almost all of the Aβ peptides in solution form amyloid fibrils, the system reaches
equilibrium. The MD simulations of the Aβ amyloid fibril in equilibrium showed that Aβ
always takes a closed form at the even end, whereas Aβ fluctuates more and takes an open
form at the odd end. The reason for this phenomenon was also clarified. This finding is
useful for understanding the mechanism of the amyloid fibril elongation and for designing
drugs that inhibit its elongation.

It is possible to destroy the Aβ amyloid fibril by applying ultrasonic waves or infrared
laser. The MD simulations also revealed the mechanisms of the Aβ amyloid fibril destruc-
tion for the ultrasonic wave and infrared laser irradiations. When the ultrasonic waves
are applied, the Aβ amyloid fibril is disrupted by cavitation: a bubble is formed when
the pressure is negative, and a water droplet then attacks and disrupts the amyloid fibril
after the pressure becomes positive again. When the infrared laser is irradiated, hydrogen
bonds between C=O and N−H are broken, but most of them re-form after the laser pulse.
However, a water molecule nearby sometimes happens to enter the gap between C=O and
N−H. It inhibits the re-formation of the hydrogen bonds, leading to the disruption of the
amyloid fibril. In both cases of the ultrasonic wave and infrared laser irradiations, water
molecules play an essential role in disrupting the amyloid fibril.

All simulation studies described here are based on the all-atom model with the ex-
plicit water solvent. There are several all-atom force fields, such as AMBER14SB [141],
CHARMM36m [191], and GROMOS54A7 [192]. Some studies examined the structure of
Aβ peptides using these force fields to find the optimal force field [193–195]. Because the
all-atom force fields have been improved over the years, it is desirable to use the best force
field available at the time. While MD simulation based on the all-atom models has the ad-
vantage of analyzing phenomena at the atomic level, it is computationally time-consuming.
Since protein aggregation simulations are particularly computationally demanding, sim-
ulation studies using implicit solvent models, such as the GB/SA model [196–198], and
coarse-grained models, such as the AWSEM [199], MARTINI [200,201], and UNRES force
fields [202,203], are also being conducted [204,205]. The implicit solvent models used to be
employed often [33,34,51,96] but now are not often used for all-atom simulations because
it is known that the interaction between water and solutes plays an important role in the
aggregation [206,207] and disaggregation of the amyloid fibrils [80,84]. Although these
coarse-grained models do not provide atomic-level details, they can save much compu-
tation time. As more simplified models, lattice models have also been used to simulate
protein aggregation [208–211]. The lattice models are primarily used to elucidate more
general physical principles rather than to examine individual protein aggregates biologi-
cally. Depending on the purpose, these models would also continue to be used to study
protein aggregation.

There is no established therapy to destroy amyloid fibrils at this time by irradiating the
brain of Alzheimer’s patients with ultrasonic waves or infrared laser. However, we believe
that there is a possibility that such a therapy can be realized in the future. In fact, animal
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experiments have been conducted to remove Aβ aggregates by irradiating the brain with
ultrasonic waves, although its purpose is not to disrupt the Aβ aggregates [212–215]. De-
livering therapeutic agents, such as anti-Aβ antibodies, to the brain is a possible approach
for Alzheimer’s disease. However, the penetration of the therapeutic agents to the brain is
hampered by the blood–brain barrier. To make it possible, focused ultrasound is utilized.
Focused ultrasound opens the blood–brain barrier and promotes the therapeutic agent
delivery to the brain. It was reported that the Aβ aggregates were reduced in Alzheimer’s
disease model mice, and their behavior was improved [214].

We believe that the destruction of amyloid fibrils by the infrared laser irradiation
may also have therapeutic potential in the future. In particular, it is noteworthy that the
α-helix structure is formed more after the amyloid fibrils are destroyed by the infrared
laser irradiation. This is because, unlike the β-hairpin structure, the α-helix structure can
be maintained in the monomeric state and relatively easily excreted from the human body.
Techniques to destroy amyloid fibrils may also be useful in developing treatments for other
diseases caused by other amyloid fibrils.

As we reviewed here, MD simulation can identify which residues or atoms are impor-
tant for the aggregation and aggregation inhibition and can be used to design a useful drug
molecule for the treatment of Alzheimer’s disease and other neurodegenerative diseases.
MD simulation can also elucidate the molecular mechanism of amyloid fibril destruction.
We hope that MD simulation will become a new tool for developing treatments for these
diseases in the future.
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varies sinusoidally. References [31,80] are cited in the supplementary materials.
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Abstract: Despite the recent advances in the prediction of protein structures by deep neutral networks, the
elucidation of protein-folding mechanisms remains challenging. A promising theory for describing protein
folding is a coarse-grained statistical mechanical model called the Wako-Saitô-Muñoz-Eaton (WSME)
model. The model can calculate the free-energy landscapes of proteins based on a three-dimensional
structure with low computational complexity, thereby providing a comprehensive understanding
of the folding pathways and the structure and stability of the intermediates and transition states
involved in the folding reaction. In this review, we summarize previous and recent studies on protein
folding and dynamics performed using the WSME model and discuss future challenges and prospects.
The WSME model successfully predicted the folding mechanisms of small single-domain proteins
and the effects of amino-acid substitutions on protein stability and folding in a manner that was
consistent with experimental results. Furthermore, extended versions of the WSME model were
applied to predict the folding mechanisms of multi-domain proteins and the conformational changes
associated with protein function. Thus, the WSME model may contribute significantly to solving the
protein-folding problem and is expected to be useful for predicting protein folding, stability, and
dynamics in basic research and in industrial and medical applications.

Keywords: protein folding; statistical mechanical model; WSME model; folding kinetics; folding
intermediates; protein dynamics

1. Introduction

Many proteins fold into specific three-dimensional (3D) structures to perform their
functions and drive various biological processes. Therefore, elucidating how proteins fold
is essential for understanding the fundamental processes of life. Since the existence of
protein-folding pathways was first proposed [1], the detection and characterization of inter-
mediates and transition states during folding reactions have been extensively performed
using a variety of experimental techniques [2–5]. Theoretical studies of protein-folding
reactions, including molecular-dynamics (MD) simulations of all-atom models and Monte
Carlo simulations of coarse-grained models, have made significant progress in explaining
experimental observations [6–12]. In particular, statistical mechanical approaches have
shown that protein-folding processes can be comprehensively described by the free-energy
landscapes of proteins [7–9,13–16].

The Wako–Saitô–Muñoz–Eaton (WSME) model is promising for describing protein-folding
reactions [17]. The WSME model is a coarse-grained model of proteins based on a simple
and elementary statistical mechanical theory and can readily calculate free-energy land-
scapes using the 3D native structures of proteins [13,18–20]. The free-energy landscapes
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obtained by the WSME model comprehensively predict both the thermodynamic stabil-
ity of proteins under equilibrium conditions and their kinetic folding processes under
non-equilibrium conditions, including folding pathways, folding-rate constants, and the
structures of the intermediates and transition states. The predictions were consistent with
the experimental results in many cases, especially for the folding of small single-domain
proteins [13]. To date, many extensions and modifications have been implemented in the
model to accommodate a variety of experimental conditions, contributing significantly to
our understanding of protein-folding mechanisms. Furthermore, theoretical predictions
by the WSME model play an important role in complementing MD simulations, resolving
discrepancies between simulations and experiments, and bridging the gap between them.
The WSME model has also been used to estimate the effects of amino-acid substitutions on
proteins and to explain conformational changes accompanied by protein function, making
it a promising protein-engineering tool for industrial and medical applications [21,22].
Because protein folding and dynamics have been extensively studied using the WSME
model, it would be useful to summarize the previous progress and discuss the issues that
remain to be resolved.

In this review, we first describe the details of the basic WSME model and outline how
to calculate the free-energy landscapes of proteins in Section 2. The subsequent sections
summarize the applications of the WSME model for predicting the folding processes
of small single-domain proteins (Section 3) and of multi-domain proteins with complex
folding mechanisms (Section 4). Section 5 presents extended versions of the WSME model
for analyzing the protein dynamics observed in intrinsically disordered proteins, functional
motions, and amyloid fibril formation. Finally, the future challenges and prospects of the
WSME model are discussed in Section 6.

2. WSME Model
2.1. Description of the Model

The WSME model is a coarse-grained statistical-mechanical model based on the 3D
structures of proteins. In 1978, Wako and Saitô originally proposed the basic ideas and
calculation methods of this model (called the “island model”) [18,19]. Approximately
20 years later, Muñoz and Eaton rediscovered it in 1999 [13]. Since then, this model has
been termed the Wako–Saitô–Muñoz–Eaton (WSME) model. The WSME model is a Gō-type
model that considers only the interactions formed in the native state of proteins without
considering non-native interactions [23]. Gō proposed the consistency principle, which
holds for ideal proteins and states that the most stable structure of a local fragment taken
from a protein is consistent with the native structure of the full-length protein. In other
words, the interactions that stabilize the local structure of a protein are consistent with
the interactions that stabilize the overall structure of a protein [24]. Such ideal proteins
can be virtually constructed by considering only the interactions that stabilize the native
structure; this type of potential is called the Gō potential [25]. The WSME model uses the
Gō potential, assuming the consistency principle, and describes the folding and dynamics
of ideal proteins. The consistency principle is considered equivalent to the principle of
minimal frustration, which states that frustration in energy arising from stabilization by
non-native contacts is minimized in foldable proteins [7,16]. Therefore, the WSME model
also assumes the principle of minimal frustration. Due to its simplicity, the WSME model
can readily calculate the free-energy landscape of protein folding.

The basic WSME model is as follows (Figures 1 and 2). First, an Ising-like two-state
variable mk is assigned to each residue of a protein. The index k represents the residue
number. mk is 1 when the residue is in the native-like conformation and 0 when the residue
is in other conformations. The protein state {m} is defined as a set of residue states (m1, m2,
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. . . , mN), where N is the total number of residues. Next, the protein state has 2N possible
conformations. The Hamiltonian of the WSME model is defined as:

H({m}) =
N−1

∑
i=1

N

∑
j=i+1

εi,j∆i,jmi,j, (1)

where ∆i,j represents the native contact between residues; ∆i,j = 1 when i- and j-th residues
are in contact with each other in the native state, otherwise ∆i,j = 0 (Figure 1). εi,j is the
contact energy between i- and j-th residues in the native state and takes negative values
when a stable interaction is formed in the native state (Figure 2). mi,j is defined as:

mi,j = mimi+1 · · ·mj =
j

∏
k=i

mk, (2)

and mi,j = 1 only when all residues between i- and j-th residues are in native-like confor-
mations. This implies that native interactions between i- and j-th residues are established
only when all intervening residues are cooperatively folded into their native conformations
(Figure 1). Therefore, this model assumes that folding is initiated by local interactions
between neighboring residues and spreads to distal regions via the growth and docking of
native segments (Figure 1). The number of states W is defined as follows:

W({m}) = exp

[(
S0 +

N

∑
i=1

Simi

)
/kB

]
, (3)

where kB is the Boltzmann constant, S0 is the conformational entropy of the fully un-
folded state, and Si (<0) is the entropic reduction attributed to the formation of the native
conformation. Then, the partition function is described as:

Z = ∑
All states

W({m}) exp
[
−H({m})

kBT

]

= ∑
All states

exp

[
− 1

kBT

(
N−1
∑

i=1

N
∑

j=i+1
εi,j∆i,jmi,j − T

N
∑

i=1
Simi

)]
.

(4)

S0 is neglected in Equation (4) because it is a constant and does not affect the results of the
free-energy calculation. Thus, the effective free energy of a native stretch from i- to j-th
residue can be described as:

Fi,j =
j−1

∑
k=i

j

∑
l=k+1

εk,l − T
j

∑
k=i

Sk, (5)

where the first and second terms are enthalpy and entropy, respectively. Equation (5) shows
that the progress of the folding reaction is enthalpically favorable due to the formation of
native interactions, but is entropically unfavorable due to the reduction in the number of
possible states. Such enthalpy–entropy compensation is directly reflected in the WSME
model, and the balance between them results in free-energy barriers. The extent to which
protein folding proceeds is often used as a reaction coordinate, such as the fraction of
residues in the native state, n = ∑N

i=1 mi/N, and the fraction of native contacts formed,
Q = ∑i<j ∆i,jmi,j/∑i<j ∆i,j. The WSME model can calculate the free energy from the
partition function restricted to the value of the reaction coordinate (Figure 2).

The WSME model was originally developed by Wako and Saitô in 1978 to study the
statistical mechanical properties of ideal biopolymers, including proteins [18,19]. Subse-
quently, the model was applied to predict pathways and intermediates in the folding of
several proteins by calculating the free-energy landscapes and residue-specific structure
formation along reaction coordinates [27]. In the 1980s, the idea underlying the WSME
model, that native contacts are formed in local segments (islands) and that native islands
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grow into entire proteins, was applied to two-dimensional (2D) and 3D lattice models of
protein folding [23,24,28] and to a Potts-like model with three states (α-helix, β-strand, and
coil) [29], showing that this idea is useful for describing the nature of protein-folding transi-
tions. In the 1980s and 1990s, experimental data characterizing detailed protein-folding
reactions increased, especially through the use of Φ-value analysis to investigate structure
formation in the transition states [30–32], and through the use of the pulsed-hydrogen
exchange nuclear magnetic resonance (NMR) technique to examine the structures of kinetic
intermediates [33–36]. This prompted the need for theoretical models to explain the experi-
mental results. In 1999, Muñoz and Eaton rediscovered the WSME model and succeeded in
predicting the free-energy landscapes and folding rates for 18 small proteins that folded in
a two-state manner; the findings were in good agreement with the experimental data [13].
These results indicated that the WSME model is promising for explaining the experimental
results of protein folding. Furthermore, the results suggest that real small proteins can
be approximated by ideal proteins that satisfy the consistency principle and principle of
minimal frustration.
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Molecules 2022, 27, x FOR PEER REVIEW 4 of 22 
 

 

 
Figure 2. Basic procedure for calculating free energy with the WSME model. Based on the protein 
three-dimensional structure (left panel: the B domain of protein A (BdpA); PDB ID: 1BDD), a resi-
due–residue contact map of the protein is calculated (middle panel). A pair of i- and j-th residues (j 
> i + 2) is defined as being in contact when at least one of the distances between the atoms in the i-
th residue and those in the j-th residue is less than 4 Å in the native state. The triangle in the lower 
right half (with black squares) is a binary contact map with a uniform contact energy, and the trian-
gle in the upper left half (with colored squares) is a non-binary contact map weighted by the number 
of atoms in the native contacts. The partition function is calculated from the Hamiltonian based on 
the contact map, and the free energy is obtained as a function of the reaction coordinate (right panel). 
The one-dimensional free-energy landscape calculated using the uniform contact energy is shown. 
Adapted with permission from Ref. [26]. Copyright (2006) National Academy of Sciences, USA. 

1

, ,
1

j j j

kk
k i

i j l
k i l k

F T Sε
=

−

= = +

= −   , (5) 

where the first and second terms are enthalpy and entropy, respectively. Equation (5) 
shows that the progress of the folding reaction is enthalpically favorable due to the for-
mation of native interactions, but is entropically unfavorable due to the reduction in the 
number of possible states. Such enthalpy–entropy compensation is directly reflected in 
the WSME model, and the balance between them results in free-energy barriers. The ex-
tent to which protein folding proceeds is often used as a reaction coordinate, such as the 

fraction of residues in the native state, 
1

/N
ii

n m N
=

= , and the fraction of native contacts 

formed, , , ,/i j i j i ji j i j
Q m

< <
= Δ Δ  . The WSME model can calculate the free energy from 

the partition function restricted to the value of the reaction coordinate (Figure 2). 
The WSME model was originally developed by Wako and Saitô in 1978 to study the 

statistical mechanical properties of ideal biopolymers, including proteins [18,19]. Subse-
quently, the model was applied to predict pathways and intermediates in the folding of 
several proteins by calculating the free-energy landscapes and residue-specific structure 
formation along reaction coordinates [27]. In the 1980s, the idea underlying the WSME 
model, that native contacts are formed in local segments (islands) and that native islands 
grow into entire proteins, was applied to two-dimensional (2D) and 3D lattice models of 
protein folding [23,24,28] and to a Potts-like model with three states (α-helix, β-strand, 
and coil) [29], showing that this idea is useful for describing the nature of protein-folding 
transitions. In the 1980s and 1990s, experimental data characterizing detailed protein-fold-
ing reactions increased, especially through the use of Φ-value analysis to investigate struc-
ture formation in the transition states [30–32], and through the use of the pulsed-hydrogen 
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tein three-dimensional structure (left panel: the B domain of protein A (BdpA); PDB ID: 1BDD), a
residue–residue contact map of the protein is calculated (middle panel). A pair of i- and j-th residues
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(j > i + 2) is defined as being in contact when at least one of the distances between the atoms in the
i-th residue and those in the j-th residue is less than 4 Å in the native state. The triangle in the lower
right half (with black squares) is a binary contact map with a uniform contact energy, and the triangle
in the upper left half (with colored squares) is a non-binary contact map weighted by the number of
atoms in the native contacts. The partition function is calculated from the Hamiltonian based on the
contact map, and the free energy is obtained as a function of the reaction coordinate (right panel).
The one-dimensional free-energy landscape calculated using the uniform contact energy is shown.
Adapted with permission from Ref. [26]. Copyright (2006) National Academy of Sciences, USA.

2.2. Calculation of the Partition Function

There are several methods for calculating the partition function of the basic WSME
model and its variants. Since the number of states for an N-residue protein is 2N in the
WSME model, and the computational complexity increases exponentially with increas-
ing protein size, it is impossible to numerically calculate the partition function using
Equation (4), even for a protein with ~50 residues. Thus, approximations that consider
only specific protein states along the folding reaction coordinates are sometimes used. For
example, single, double, and triple sequence approximations (SSA, DSA, and TSA) assume
that up to one, two, and three independently folded segments, respectively, are allowed
during the folding process (Figure 3) [13,37]. These approximations reduce the number of
states to a polynomial quantity, enabling the calculation of the partition function, even for
proteins with ~100 residues. DSA with loops (DSA/L), a variant of DSA, was developed,
which involves non-local interactions between two folded segments [38–44]. DSA/L pre-
dicts fewer cooperative folding transitions than the original model because of the presence
of non-local interactions. Non-local interactions play an essential role in the folding of large
proteins because interactions between distant regions can affect their folding processes. In
line with this, the introduction of non-local interactions between the N- and C-termini by
a virtual linker in a multi-domain protein successfully explained folding processes that
were not explained by the original model [45]. In addition, mean-field approximation was
discussed for computing the partition function of the WSME model [46,47].
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Figure 3. (A) Schematic representation of protein states with single, double, and triple sequence
approximations (SSA, DSA, and TSA, respectively). Residues in folded or unfolded conformations
are indicated by blue and orange circles, respectively. In the SSA, only the protein states with a single
native segment are considered. In DSA and TSA, the protein states with up to two and three native
segments are considered, respectively. (B) Number of microscopic protein states, which is considered
in the calculation of the partition function using the SSA, DSA, TSA, and exact solution, is plotted
against the number of residues.

An exact solution to the WSME model using transfer matrices was reported by Br-
uscolini and Pelizzola in 2002 [20]. The exact solution enables efficient calculation of the
partition function by summing all 2N states (Figure 3), and the calculation, even for large
proteins with ~200 residues, is completed instantaneously.
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Comparison of the approximate solutions, such as SSA, DSA, DSA/L, and TSA, with
the exact solution of the WSME model was performed by calculating the free-energy profiles
and folding rates for many proteins [37]. SSA did not describe reasonable free-energy barri-
ers on one-dimensional (1D) free-energy landscapes because it is a coarse sampling method
and considers only a single folded segment [37]. By contrast, all calculation methods other
than SSA were able to predict folding rates, which was consistent with experimental results.
The calculated free-energy profiles were almost unchanged, irrespective of the reaction
coordinates used (n or Q). The finding that the calculations with DSA and TSA yielded
similar results to the exact calculation suggests that the number of native segments formed
during the folding process is 2 or 3 for small proteins. This was also shown in long-duration
all-atom MD simulations, confirming that simple assumptions, such as DSA/L, are suffi-
cient to explain the folding mechanisms of small proteins [42]. Note that for small proteins
with fewer than ~50 residues, calculations with the exact solution overestimated the coop-
erativity of folding transitions, whereas those with DSA/L were the most consistent with
the experiments [42,43].

2.3. Contact Energy

Calculation of the free energy using the WSME model requires setting an entropic cost
associated with the folding reaction and preparing a residue–residue contact map and the
energy for each contact based on the native structure of a protein (Figure 2). A residue
pair is defined as being in contact when the distance between two residues in the native
state is within a specific cutoff (typically 4 Å). The simplest way to assign contact energies
is to use the same energy value for all the native contacts. Surprisingly, even with this
simple treatment, the calculated free-energy landscapes effectively explained the folding
processes experimentally observed for many small proteins [26,37,39–43,48,49]. Another
way of assigning contact energies is to weigh the contact energy, depending on the number
of atoms involved in the contact [13,20,45,50–53]. The use of weighted contact energies
may yield more accurate results than the use of uniform contact energies.

Interestingly, sequence-dependent weighting of contact energies is not always nec-
essary to describe the folding pathway for some small proteins [43]. Using DSA/L,
Kubelka et al. investigated the effects of contact energy weighting on the free-energy
landscapes for two proteins with a helix-turn-helix motif (P22 subdomain and αtα). They
compared three contact energies: those weighted by the structural ensemble determined by
NMR, those statistically determined by Miyazawa and Jernigan, and sequence-independent
uniform contact energies. The results showed that the use of uniform contact energies
was sufficient to explain the folding processes and to predict different folding pathways
for two proteins with the same fold, reflecting subtle differences in local stability [43].
This suggests that the main-chain structure (i.e., protein topology or fold) itself contains
sufficient information about the folding processes, and that the assumptions in the WSME
(DSA/L) model successfully decode the folding mechanisms encoded in the contact map
of the native structure.

Because homologous proteins with similar topologies have similar contact maps,
uniform contact energies predict similar folding mechanisms for homologous proteins.
However, even proteins with the same fold may have different folding processes, depending
on the amino-acid sequence [54–60]. Such differences in the folding mechanisms cannot be
distinguished by calculations using uniform contact energies. Therefore, obtaining suitable
contact energies to describe the details of folding mechanisms is a challenge in optimizing
the WSME model. Several studies have attempted to evaluate residue–residue contacts by
considering the contribution of non-covalent interactions that drive protein folding, includ-
ing electrostatic interactions, hydrogen bonds, van der Waals interactions, and hydrophobic
interactions [61–64]. In addition, the introduction of temperature-dependent enthalpy and
entropy terms [65,66] and the calculation of contact energies using AMBER force fields [67],
which are typically used for MD simulations, have also been proposed. Such rigorous
contact evaluations based on physical chemistry allow the calculation of contact energies
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for all residue pairs, rather than selecting residue–residue contacts according to an inter-
residue distance cutoff. These approaches may require the determination of additional
parameters, such as scaling constants, in order for predictions to agree with experimental
results, including the temperature-dependent denaturation curves monitored by circular
dichroism or NMR spectroscopy [43,53,68,69], the temperature dependence of specific heat
capacity [40,41,63,65,69–73], and the denaturant dependence of folding/unfolding rate
constants (called a chevron plot) [38,74].

3. Prediction of Folding Mechanisms
3.1. One-Dimensional Free-Energy Landscape: Two-State Versus Downhill Folding

The 1D free-energy landscape obtained using the WSME model is a powerful tool for
analyzing protein stability under equilibrium conditions. Once the free-energy landscape is
calculated, metastable intermediates and free-energy barriers can be clearly visualized, and
folding mechanisms can be directly analyzed from the free-energy surface. Furthermore,
the WSME model provides an effective analytical method for investigating the temperature
and denaturant dependence of folding pathways [67,75].

Although two small proteins, gpW and the SH3 domain (Figure 4A,B), have com-
parable thermodynamic stability, experiments revealed that gpW folds ~1000-fold faster
than SH3 [65]. Consistent with these observations, the WSME model with improved
contact-energy calculations predict that the free-energy landscape of gpW has a marginal
barrier, whereas that of SH3 has a clear barrier and exhibits cooperative two-state fold-
ing [65]. Similarly, the free-energy landscapes were compared between the WW domain of
PIN1, a two-state folder, and BBL, which was experimentally shown to be a downhill folder
without a clear free-energy barrier [51]. The WSME model predicts that PIN1 has a free-
energy landscape with a distinct barrier, whereas BBL has an overall downhill landscape at
low temperatures. Thus, the WSME model successfully explains the folding mechanisms
of small proteins.
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Figure 4. Native structures of gpW (PDB ID: 1HYW) (A) and the SH3 domain (PDB ID: 1SHG) (B).
(C) Electrostatic potential energy surface of barstar (PDB ID: 1BTA). The black circle shows the
barnase-binding site with large negative potentials. The electrostatic potential was calculated by
APBS [76]. (D) Native structure of the 35-residue subdomain from the villin headpiece (PDB ID: 1YRF).
Figures were drawn using PyMOL Molecular Graphics System, Version 2.4.0 Schrödinger, LLC.

Remarkably, the WSME model proposes that the folding mechanism of BBL is temperature-
dependent, involving a downhill folding in a biologically relevant temperature range and
a barrier-limited cooperative folding with a slight free-energy barrier at the transition
midpoint temperature (Tm) [51,61]. This indicates that downhill and two-state folding
mechanisms are continuously connected along temperatures and belong to the same folding
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class. The WSME model also successfully quantifies the free-energy barrier of PDD, a
protein homologous to BBL [69,70,77]. The free-energy landscapes of PDD show downhill
folding at low temperatures, but show two-state folding with a small free-energy barrier
around the Tm. Therefore, the WSME model can quantitatively characterize the temperature
dependence of folding mechanisms, even for proteins with small free-energy barriers.

3.2. Two-Dimensional Free-Energy Landscape: Multiple Folding Pathways

Multi-dimensional representations of free-energy landscapes can be achieved using
multiple reaction coordinates corresponding to the structural formation of multiple regions
of a protein [78]. Such multi-dimensional free-energy landscapes allow the visualization of
detailed folding pathways. Moreover, the WSME model can predict the degree of structure
formation of each residue along a folding pathway [26,79–81]. Using the WSME model with
uniform contact energies, Sasai et al. calculated the free-energy landscapes of the B domain
of protein A (BdpA), consisting of three helices with a symmetric topology (Figure 2) [26].
The 1D free-energy profile indicates that BdpA folds in a two-state manner (Figure 2),
and the 2D free-energy landscape identifies two major folding pathways (Figure 5A).
These pathways were revealed for the first time by describing the multi-dimensional
free-energy landscape. Previous experimental studies of BdpA folding using Φ-value
analysis showed that the second helix is the most structured in the transition state [82].
However, MD simulations could not reproduce these observations. By contrast, the WSME
model provides folding processes that are in agreement with experimental results. The
model suggests that proteins with symmetrical structures, such as BdpA, have two nearly
symmetrical folding pathways (Figure 5A) [26]. In the transition state of one pathway (TS1),
the first and second helices of BdpA are partially formed, whereas in the transition state of
the other pathway (TS2), the second and third helices are partially formed. When these
pathways are averaged, the second helix is the most completely formed in the transition
state of the BdpA, which is consistent with experimental results [26].
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and MC are the number of folded residues in the N-terminal half of BdpA (involving the first helix
and the first half of the second helix) and C-terminal half of BdpA (involving the second half of
the second helix and the third helix), respectively. Gray and white arrows denote the dominant
folding pathways passing through the saddle points corresponding to the transition state 1 (TS1) and
transition state 2 (TS2), respectively. λ = ε/(kB T) is a parameter related to the uniform contact energy
ε and temperature T. Adapted with permission from Ref. [26]. Copyright (2006) National Academy
of Sciences, U.S.A.

The above prediction for BdpA used uniform contact energies for all the native con-
tacts, emphasizing the importance of a symmetric topology. Interestingly, the calculations
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predict that the two contrasting pathways will occur almost equally near room temperature
(Figure 5A), whereas at higher temperatures, the symmetry is broken, and the folding is
biased toward one pathway (Figure 5B). However, experimental Φ-values at a high temper-
ature (near Tm) did not verify this prediction [83]. Zamparo and Pelizzola examined the
temperature dependence of the folding pathways of four proteins (BdpA, albumin-binding
domain (ABD), designed α3D protein, and engrailed homeodomain) with similar folds
consisting of three helices using contact energies weighted according to the number of
atoms involved in the contact rather than uniform contact energies [52]. The results sug-
gest that even for proteins with symmetric structures, the folding abilities of the N- and
C-terminal regions depend on subtle differences in the native contacts involved, and the
transition-state structure is almost independent of temperature, which is in agreement with
the results of experiments. The results also highlight the importance of accurate contact
energies for the reliable prediction of protein-folding pathways [52].

3.3. Effects of Amino-Acid Substitutions on Stability and Folding

Predicting protein stability is difficult because the 3D structures of proteins are only
marginally stabilized by networks of weak non-covalent interactions. Thus, amino-acid
substitutions in proteins can have complex effects on the free-energy landscapes, changing
the free energies of the native and unfolded states, as well as the number and nature of
folding intermediates. Nevertheless, as shown above, the WSME model has the potential to
predict the effects of amino-acid substitutions on protein stability and folding by calculating
the free-energy landscapes of wild-type and mutant proteins. Such calculations have
provided useful insights for protein engineering and medical applications [22,44,64,84–86].
Naganathan et al. proposed a framework for calculating the stability of mutants using
the WSME model and developed two programs, pStab [21] and pPerturb [22], which are
available online. These methods may be useful as the first steps in screening protein
mutants with the desired stability.

The relationship between folding and function has been examined by comparing
the free-energy landscapes of homologous proteins with those of proteins with amino-
acid substitutions or chemical modifications [62,63,74,80,87–92]. The charge distribution
on the protein surface is one of the key factors controlling ligand binding and can also
affect protein stability and folding [62,63,74]. For example, it has been suggested that
barstar (Figure 4C) maintains its ability to bind to barnase by acquiring a large binding
surface with negative electrostatic potential during evolution, resulting in a complex free-
energy landscape with multiple folding intermediates [88]. Theoretical calculations predict
that amino-acid substitutions to neutralize the charges at the barnase-binding site would
improve the stability of barstar and simplify its folding mechanism to “frustration-free”
two-state folding [88]. Thus, the WSME model may be useful for evaluating the effects of
amino-acid substitutions and clarifying the role of each residue in the stability, folding, and
function of proteins.

3.4. Effects of External Forces on Protein (un)Folding

An extended WSME model with external forces was constructed as a theoretical model
of mechanical unfolding experiments on a single-protein molecule using atomic-force
microscopy (AFM) [93]. The model calculates the equilibrium force-extension curves and
free-energy landscapes as a function of the end-to-end length of a protein to characterize
mechanical unfolding [93–95]. The kinetics of the response to time-dependent external
forces (force clamp and dynamic loading) can also be evaluated by combining Monte Carlo
simulations. Such analyses of the mechanical unfolding of ubiquitin predict the order
of secondary structure formation and the presence of kinetic intermediates, which are
consistent with the results from experiments and all-atom MD simulations [96]. In addition,
this extended WSME model predicts the major and minor unfolding pathways of green
fluorescent protein observed experimentally [97] and was further applied to characterize
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the equilibrium properties and kinetic unfolding pathways of RNAs, such as an RNA
hairpin and the Tetrahymena thermophila ribozyme [98,99].

Single-molecule experiments with AFM have also shown that glycerol, a protective
osmolyte, stabilizes the native state of globular proteins against mechanical unfolding
without changing the position of the transition state on the reaction coordinate [100]. To
simulate the mechanical unfolding of a protein in the presence of osmolytes, extended ver-
sions of the WSME model that consider the effects of osmolytes were developed [100,101].
The model successfully reproduces the experimental results of mechanical unfolding, in
which the position of the transition state along the reaction coordinate is unchanged by
osmolytes for the immunoglobulin-binding B1-domain of Streptococcal protein G (GB1)
and the I27 module of human cardiac titin [100,101]. Thus, the WSME model with ex-
ternal forces is useful for understanding the single-molecule behavior of proteins during
mechanical unfolding.

The external force term introduced in the above models has also been used to evaluate
the effects of crowded environments, such as inside cells, on protein stability and folding.
The predictions for ABD, GB1, and the β-hairpin of GB1 indicate that as the cage size
confining a protein gradually decreases, the protein molecule will be stabilized up to a
certain threshold cage size, and then destabilized below the threshold [102]. Furthermore,
a general relationship between cage size and folding rate has been observed for various
proteins [102]. A model for non-equilibrium diffusion dynamics was also developed using
an external force term to describe the intracellular translocation of proteins [103]. Thus,
the WSME model with external forces is also useful for theoretically evaluating protein
stability and folding in various situations in which mechanical forces act on proteins.

3.5. Folding Kinetics and Transition State

The macroscopic kinetic behavior of protein states during folding can be predicted
with kinetic models, such as master equations, using the free energies of the unfolded,
intermediate, transition, and native states obtained from the WSME model. The theoret-
ical folding rates thus obtained were shown to depend on the protein topology, which
was consistent with experimental observations [13,37,50,51,104,105]. For example, the
predicted folding rates of the 35-residue subdomain from the villin headpiece, which has
three short α-helices (Figure 4D) and exhibits ultrafast folding, are consistent with those
measured experimentally [38–41]. Thus, the WSME model is a powerful tool for studying
subtle differences in folding rates [38,73–75,106]. Because virtual amino-acid substitutions
can be introduced by perturbing specific contact energies, the WSME model with such
perturbations can be used to calculate the theoretical Φ-values along the folding path-
way [13,26,78,105,107–110]. Sasai et al. calculated theoretical Φ-values for the transition
state in the folding of BdpA by averaging the transition-state structures on both of the
major folding pathways (Figure 5A) and succeeded in obtaining Φ-values consistent with
experiments [26]. Thus, theoretical Φ-value analysis using the WSME model can describe
folding reactions at the resolution of individual residues.

The free-energy landscapes obtained by the WSME model can be combined with Monte
Carlo simulations using the Metropolis algorithm to simulate single-molecule trajecto-
ries and examine microscopic protein-folding kinetics [42,45,53,65,71,72,87,88,106,111,112].
Since the WSME model is a Gō-type coarse-grained model with a limited number of pos-
sible conformations, simulations of protein-folding reactions can be performed with low
computational complexity. An ensemble average of many single-molecule trajectories repro-
duces the macroscopic folding behaviors [51,61,65]. The use of such simulations for several
proteins suggests that even proteins that exhibit simple two-state folding have a variety
of folding pathways with different transition-state structures, and that the experimentally
observed transition state is the average of these structures [72,110]. This method is expected
to resolve the possible discrepancies between the experimental results and a small number
of MD trajectories for protein folding/unfolding reactions, as it provides a rich dataset of
single-molecule folding trajectories that cannot be obtained from MD simulations.
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Although the spatial resolution of the WSME model is lower than that of all-atom MD
simulations, it has been suggested that folding/unfolding simulations with the WSME
model reproduce all-atom MD simulations [42]. A comparison of the folding/unfolding
trajectories for the villin headpiece based on the WSME model using DSA/L with those
of the long-time all-atom MD simulations using explicit solvent, performed by Shaw
et al., shows that the folding behaviors are very similar in both simulations, including the
rate of transition between relevant conformations and the order of helix formation [42].
Since the WSME model only considers the residue–residue interactions occurring in the
native structure, these results highlight the importance of native contacts in determining
protein-folding mechanisms.

4. Folding Mechanisms of Multi-Domain Proteins

In the previous sections, we showed that the folding mechanisms of small single-domain
proteins are described well by the WSME model. By contrast, the folding mechanisms
of multi-domain proteins have been less frequently studied because they have complex,
multiple folding pathways and intermediates, making it difficult to theoretically predict
the folding processes [53,75,78,81,91,106,108,112–116]. However, multi-domain proteins
comprise the majority of the proteome, and more than 70% of eukaryotic proteins contain
multiple domains [117,118]. Therefore, the elucidation of the folding mechanisms of multi-
domain proteins is an important issue in the life sciences. The two major ways of connecting
two globular domains are (1) the tandem connection of two domains by a linker and (2) the
insertion of one domain into another domain.

4.1. Tandem Connection of Multiple Domains

The WSME model assumes that folding starts at local segments and then spreads
throughout the molecule via the extensions and connections of the folded segments. Thus,
the model is suitable for multi-domain proteins consisting of tandemly connected small
globular domains, each of which folds in a two-state manner (Figure 6A). Typical examples
are repeat proteins, and predictions of their folding processes are in agreement with
experiments in terms of the structures of folding intermediates and the order of domain
formation [53,75,78,113,114].
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Sasai et al. applied the WSME model to multi-domain proteins with two globular
domains connected in tandem, including γD-crystallin (Figure 6A), spore coat protein S,
and R16-R17 spectrin domain, and investigated the effects of domain–domain interactions
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on folding reactions [108]. The computational results consistently explained the folding
pathways and transition-state structures obtained by Φ-value analysis and suggested that
the connectivity and interaction between the two domains determine the equilibrium and
kinetic folding mechanisms. Furthermore, high-dimensional free-energy landscapes are
effective in analyzing complex folding mechanisms and reveal hidden folding pathways,
intermediates, and transition states for barnase, nitrogen regulatory protein C (NtrC), and
an ankyrin repeat protein [78]. Although the computational complexity increases as the
protein size increases, an efficient method to reduce computational complexity has been
reported that considers short segments as blocks [114]. Note that when domain–domain
interactions are strong in multi-domain proteins, the folding mechanisms may become
more complex, making the prediction of folding processes more challenging, even for
multi-domain proteins with tandem connections.

4.2. Domain Insertions

Another mode of domain connection is domain insertion. There are many multi-
domain proteins in which one domain is inserted into another [119]. Many folding experi-
ments have been performed on multi-domain proteins with domain insertions, including
dihydrofolate reductase (DHFR), apomyoglobin, barnase, α-lactalbumin from bovine,
human, and goat sources, and lysozyme from hen-egg-white, human, equine, and ca-
nine sources [2,4,5,9,30,36,54,55,57,59,60,120–131]. Interestingly, these proteins accumulate
molten globule-like folding intermediates in which the discontinuous domain is more
organized than the inserted continuous domain [5]. Such intermediates may be formed via
a hydrophobic collapse mechanism driven by non-local hydrophobic interactions between
distant residues in the amino-acid sequence [5,8,130]. The original WSME model cannot
provide free-energy landscapes consistent with experiments for these proteins because it
assumes that all the intervening domains must be folded before the discontinuous domain
starts to fold.

DHFR is one of the most closely studied proteins in terms of its kinetic folding
mechanism [5,120,122,123,127–131]. DHFR consists of two domains, with one globular
domain (adenosine-binding subdomain, ABD) inserted into the other globular domain
(discontinuous loop subdomain, DLD) (Figure 6B). We previously showed that the folding
reaction of DHFR involves at least seven phases and six intermediates [131]. In brief, DHFR
first forms a compact intermediate within 35 µs after the initiation of the folding reaction,
and then DLD and ABD fold independently with time constants of 550 µs and 200 ms,
respectively, accumulating an intermediate in which DLD is more organized than ABD.
Finally, both domains dock to form the native structure. We also revealed that after a few
milliseconds of folding, the folding behavior of “circular DHFR” with a disulfide bond
introduced between the N- and C-termini is almost identical to that of “linear DHFR” with
the disulfide bond reduced [128]. This suggests that the interactions between the N- and
C-termini involved in DLD are already formed in the early stages of folding. However,
these folding processes cannot be explained using the original WSME model.

To facilitate the folding of a discontinuous domain, Sasai et al. developed an extended
WSME (eWSME) model, in which a virtual linker was introduced at the N- and C-termini
of DHFR (Figure 6B) [45]. In this model, even when the inserted continuous domain
(ABD) is not folded, non-local interactions can be formed between the N- and C-terminal
regions involved in DLD via the virtual linker. The free-energy landscape calculated by the
eWSME model successfully predicts the two of the six folding intermediates reported in the
experiments [45,132]. Furthermore, Sasai et al. proposed that the introduction of multiple
virtual linkers into a protein molecule may enable the prediction of the folding processes of
multi-domain proteins with more than two domains [17]. Thus, the WSME model may be
applicable for predicting the free-energy landscapes of a variety of multi-domain proteins
after sufficient modifications. However, such modifications may not be easily implemented
because it is not clear where and how many virtual linkers should be introduced in a
protein molecule. Furthermore, as the number of virtual linkers increases, the mathematics
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describing them may become more complex. Nevertheless, the development of a modified
version of the eWSME model that can be applied to any protein, including both small single-
domain proteins and large multi-domain proteins, would represent significant progress
toward solving the folding-process component of the “protein-folding problem” [12].

5. Applications beyond Protein Folding
5.1. Intrinsically Disordered Proteins

In addition to protein folding, the WSME model is also applicable to the conforma-
tional changes associated with protein function. Intrinsically disordered proteins (IDPs)
have disordered structures in isolation but fold into specific structures upon binding to
their partners [5,133–135]. For example, the intrinsically disordered region (IDR) of a
neuron-restrictive silencer factor (NRSF) takes various β-hairpin-like structures in isolation
but forms an α-helical structure when bound to its target protein, Sin3 [136–138]. Disor-
dered structures of NRSF are theoretically created in the absence of Sin3 by introducing
interactions favoring the β-hairpin structure into the WSME model; such interactions
are different from those stabilizing the NRSF-Sin3 complex [136,137]. Furthermore, the
free-energy landscape for the binding of NRSF to Sin3 obtained from this model repro-
duces the coupled folding and binding behaviors [136,138] commonly observed in many
IDPs [5,133–135].

The free-energy landscape of an intrinsically disordered DNA-binding domain of
the transcriptional regulator CytR, calculated using the WSME model, suggests that the
conformational ensemble of the disordered state involves competition for several specific
conformations [68]. By introducing the interaction between CytR and its partner DNA, the
model successfully describes how, as the partner DNA approaches CytR, the free-energy
landscape of CytR in the disordered state with multiple local minima changes into a
landscape with a global minimum corresponding to the DNA-bound form of CytR [111,139].
Furthermore, the free-energy landscapes of CytR in the presence of a polymeric crowder,
polyethylene glycol (PEG), mimicking crowded intracellular environments, provide a PEG
concentration–temperature phase diagram showing that CytR is more folded both at lower
temperatures and at higher PEG concentrations, which is in agreement with experimental
results [140].

Thus, the WSME model comprehensively explains both the folding of globular proteins
and the structures of IDPs in free and bound forms based on free-energy landscapes. In
addition, the model can predict the effects of temperature, osmolytes, and amino-acid
substitutions on IDP structures and may be useful for controlling the conformations of
IDPs [141,142]. It may also be possible to predict the effects of ion valence and ionic strength
on the free-energy landscapes of IDPs by incorporating them into the contact energies. The
next target of IDP studies using the WSME model would be to predict the mechanisms of
the coupled folding and binding reactions of IDPs [5,135].

5.2. Conformational Changes Associated with Protein Function

Many proteins dynamically change their conformations and exert their functions
by binding to specific targets or through post-translational modifications. Free-energy
calculations using the WSME model have also been applied to the theoretical analysis of
the conformational changes associated with protein functions, such as photocycles and
allosteric transitions [17,143–146].

Photoactive yellow protein (PYP) is a model protein for photoreceptors that has a
photocycle consisting of three states [147]. The cycle involves coordinated motion on
different time scales, from isomerization of chromophores, occurring in nanoseconds, to
the partial denaturation of proteins, occurring in milliseconds or more [147]. Sasai et al.
constructed an extended model describing motions over a wide range of time scales by
adding an energy term to the WSME model that depends on local packing changes. The
calculations assuming the ground state of the photocycle to be the native state yield a
free-energy landscape that reasonably reproduces the photocycle and predicts the detailed
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structure of each state involved in the cycle [143,144]. Thus, the WSME model successfully
explains the mechanism through which local structural fluctuations induce large-scale
conformational changes, suggesting that the close interplay of motions at different time
scales plays a crucial role in regulating protein function.

Sasai et al. further modified the WSME model to allow multiple native states and
developed an allosteric WSME (aWSME) model that can calculate a free-energy landscape
reflecting protein allostery [17,145,146]. The bacterial enhancer-binding protein, NtrC, un-
dergoes an allosteric transition from the inactive to the active state through phosphorylation
(Figure 6C). The application of the aWSME model to NtrC yields free-energy landscapes
that predict large conformational fluctuations between the inactive and active states, as well
as allosteric conformational changes upon phosphorylation [145]. The aWSME model also
predicts that the GTP-binding protein Ras is stabilized by binding to GDP, whereas the struc-
ture of Ras in the GTP-bound state fluctuates significantly, suggesting that the difference
in conformational fluctuations between the GDP- and GTP-bound states regulates signal
transduction [146]. Thus, the aWSME model, which allows multiple native states, provides
a mechanistic explanation for the transitions between multiple stable conformations and
allosteric conformational changes upon effector binding.

Cnu is a transcriptional co-repressor that regulates gene expression upon temper-
ature changes and has also been proposed to be involved in pH-dependent gene ex-
pression [148–150]. Using the WSME model with rigorous contact energy-calculations,
including electrostatic interactions, Naganathan et al. showed that the distribution of con-
formations in the native-state ensemble of Cnu is sensitive to changes in both temperature
and pH, suggesting that Cnu can serve as both a temperature and a pH sensor [148–150].

5.3. Other Applications

Amyloids are insoluble fibrous aggregates of proteins stabilized primarily by hydro-
gen bonds and hydrophobic interactions and have a cross β-sheet structure with parallel
β-strands aligned perpendicular to the fibril axis [151,152]. Because amyloids are impli-
cated in neurodegenerative diseases, such as Alzheimer’s disease, Parkinson’s disease, and
bovine spongiform encephalopathy, understanding the mechanisms of amyloid fibril forma-
tion is an important issue in drug discovery [151,152]. The assumption of the WSME model,
in which an entire protein molecule folds through the elongation and docking of local
native segments, has also been utilized as a model to describe amyloid formation [153,154].
By introducing both the interactions stabilizing the monomeric form of a protein and those
stabilizing the amyloid form, the WSME model was able to qualitatively reproduce a sharp
phase transition to amyloid fibrils, which is characteristic of the nucleation-growth model
and is consistent with experiments on amyloid formation [153,154].

Since the WSME model can be regarded as a simple 1D lattice model, the exact solution
of the model can be calculated using the transfer matrix method, even for systems with
non-uniform interactions. Taking advantage of this feature, the WSME model has also been
used to describe the growth of strained epitaxy [155,156]. Furthermore, the WSME model
itself has been a subject of research in theoretical statistical mechanics, and efforts have
been made to develop kinetic analyses by applying the cluster-variation method, which
is one of the most precise methods for solving the Ising model when an exact solution is
not available [50,157–159]. Other studies have examined the relationship between protein
structures and folding mechanisms through the partition function zeros of the WSME
model [160–163]; partition functions for various secondary-structure elements and two
small proteins (BBL and chymotrypsin inhibitor 2) have shown that the distribution of
partition function zeros distinguishes folding mechanisms, such as downhill and two-state
folding [161].

6. Summary and Future Perspectives

In this review, we summarized how the WSME model and its extended versions describe
protein folding and dynamics. The WSME model can calculate the free-energy landscapes
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of proteins, which predict the thermodynamic quantities involved in equilibrium-unfolding
transitions and the pathways and structures involved in kinetic folding processes. These
calculations are consistent with the experimental results of protein folding, especially for
small single-domain proteins, suggesting that the WSME model enables the prediction
of detailed protein-folding processes that are difficult to measure experimentally, and
contributes to our understanding of protein-folding mechanisms. Surprisingly, although
the WSME model is a simple coarse-grained model, it can reproduce various aspects of
protein folding obtained by all-atom MD simulations. This agreement strongly supports the
hypothesis that folding reactions are primarily driven by native interactions and that the
free-energy landscape is globally biased toward the native state. This also indicates that the
WSME model adequately captures and deciphers the bias encoded in protein conformation.
Therefore, the WSME model, when combined with rigorous contact-energy calculations,
provides theoretical predictions that are in good agreement with the experimental results
for small proteins.

The WSME model has also been applied to predict the folding mechanisms of multi-domain
proteins, especially those consisting of tandemly connected small globular domains. Al-
though it is difficult to compute entire folding reactions of large multi-domain proteins
using all-atom MD simulations, the WSME model can calculate the free-energy landscapes
of such proteins with low computational complexity. Therefore, the WSME model and MD
simulations are expected to be important tools for predicting protein-folding mechanisms.

Nevertheless, it is still challenging to predict the folding mechanisms of proteins with
complex structures, such as multi-domain proteins with domain insertions and those with
strong interactions between domains. Although non-local interactions between distant
segments in the amino-acid sequence may be formed early in folding reactions by the
hydrophobic collapse mechanism [5], they cannot be considered in the original WSME
model. One promising approach to solving this problem is to introduce virtual linkers at
non-local contacts that can be formed early in the folding reaction. Indeed, introducing
a single virtual linker between the N- and C-termini is effective in predicting the folding
processes of DHFR [17,45]. The next challenge would be to introduce multiple virtual
linkers at arbitrary positions in a single protein to enable the prediction of the folding
mechanisms of any protein, including small single-domain proteins and large multi-domain
proteins with complex main-chain topologies.

Another type of interaction that complicates the protein structure is a disulfide bond.
The WSME model has never explicitly considered the folding reactions of disulfide-intact
proteins or those involving oxidative formation of disulfide bonds. The prediction of such
folding reactions is also challenging, but it may be achieved by replacing the virtual linkers
introduced above as non-local interactions with covalent linkers.

Because of its simplicity and versatility, the WSME model can be used to analyze
various biological events other than protein folding under equilibrium and non-equilibrium
conditions by calculating free-energy landscapes using exact or approximate solutions and,
subsequently, performing Monte Carlo simulations. Due to this utility, the extended version
of the WSME model provides reasonable predictions for protein-conformation changes
in IDPs and allosteric conformational changes accompanied by protein functions, such as
protein–protein interactions and ligand binding. Furthermore, the model may be applicable
to multimer formation, domain swapping, and the coupled folding and binding reactions
of IDPs.

Recently, protein-structure prediction has made great advances, through deep-learning
approaches, towards solving the structure-prediction component of the “protein-folding
problem” [12,164]. However, even state-of-the-art structure prediction methods do not
provide an understanding of how proteins fold into specific structures [165]. Therefore,
the theoretical prediction of protein-folding processes remains a challenge. Since the
WSME model can predict protein folding and dynamics with low computational com-
plexity, the WSME model and its modifications will play an important role in solving the
folding-process component of the “protein-folding problem” in the near future.
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