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Preface to “Aptamers” 
Aptamers are in vitro selected oligonucleotides capable of specific, high-affinity binding to a wide 

variety of target molecules. These features enable their application in diagnostics, therapeutics, targeted 
delivery, fluorescence imaging, and biosensing. Aptamers are isolated via systematic evolution of ligands 
by exponential enrichment (SELEX), an iterative cycle of selection and amplification steps that enriches a 
randomly synthesised oligonucleotide library to a pool of specific, high-affinity aptamers. Since the 
inception of aptamers in 1990, the methods by which aptamers are selected has been improved, yielding a 
robust system capable of producing aptamers rapidly and at low cost. Recently, there has been an 
explosion in the field of aptamers including innovations in enhanced selection strategies, bioinformatics 
approaches, riboswitches, unnatural base pairs, nucleic acid nanostructures, and DNAzymes.   

We are pleased to introduce this book “Aptamers” based on a Special Issue of International Journal 
of Molecular Sciences (MDPI). This book is the result of contributions from aptamer scientists and 
consolidates the best ideas in the Aptamers Special Issue. From initial SELEX library design to the 
modification and optimisation of identified aptamers and the final endpoint application, the fifteen 
articles presented herein cover a wide range of areas in aptamer science.  Eleven review papers are 
included in this book in three areas: 

Aptamer Identification 

• SELEX-based aptamer selection starts with the design of the initial nucleic acid library.
Vorobyeva et al. [1] compiled literature examples specifying both the general considerations and
the many important, selection-specific features of library design. Consideration of aspects such as
structural complexity, chemical repertoire, the randomisation approach, and sequence formatting
are discussed. The library design checklist is a useful way to categorise and illustrate aptamer
libraries.

• Aptamer serum stability and bloodstream retention time are challenges for the use of aptamers as
therapeutics. Ni et al. [2] reviewed different post-SELEX chemical modifications for the
optimisation of aptamers for clinical use. The suitability of different chemical modifications for
resisting nuclease degradation and renal clearance and improving affinity and specificity are
discussed.

• Aptamers are genetic in nature, so bioinformatics approaches can improve both aptamers and their
selection methodologies. Kinghorn et al. [3] reviewed several categories of aptamer bioinformatics,
including the simulation of aptamer selection, fragment-based aptamer design, the patterning of
libraries, the identification of lead aptamers from high-throughput sequencing (HTS) data, and in
silico aptamer optimization. 

• Riboswitches are a major topic in aptamer science.  Based on structural changes induced by target-
RNA aptamer binding, gene expression can be controlled. Gong et al. [4] reviewed different
computational approaches used to model structures of RNA aptamers and designing riboswitches.

• Amyloid β-protein is associated with Alzheimer's disease, cancer, and Down syndrome. Of
particular interest is amyloid β-protein’s misfolding to form Amyloid plaques. Using a case study of 
aptamers targeting amyloid β-protein, Rahimi [5] deliberated the controversies and methodological
limitations of identifying aptamers against intrinsically disordered proteins. 

• DNA damage and repair are critical determinants in cancer, aging, and many other diseases.
McKeague [6] provides an excellent summary of the current literature on aptamers relating to DNA 
damage and repair. 

Fluorogenic Aptamers 

• The recent development of aptamer-based fluorogenic modules facilitates the application of
imaging RNA in the cell, RNA tracking, and the biosensing of metabolites in cells.



x 

Bouhedda et al. [7] provide an excellent overview of the development and application of several 
different RNA-based fluorogenic modules.  

Aptamer Applications 

• One property of aptamers that sets them apart from antibodies is the potential for expansion of their 
chemical repertoire. Rӧthlisberger et al. [8] discuss the function and application of various aptamer
conjugates and recent advances in chemical modifications for aptamers.  The applications of
aptamers in neurosciences are specifically highlighted. 

• Prion protein (PrP) is intrinsic to the nervous system; however, its misfolding leads to transmissible
spongiform encephalopathies.  Macedo and Cordeiro [9] review the implications and potential
advances of aptamers selected against PrP and other amyloidogenic proteins for application as
therapeutics and diagnostics for neurogenic disorders. 

• Glioblastoma is a highly aggressive primary brain tumour with poor clinical prognosis due to its
varied genetic profiles and infiltrative growth. Hays et al. [10] summarise the current aptamers
targeting glioblastoma cells or biomarkers for brain tumour. 

• Interleukin-6 (IL-6) plays an important role in the immune response. The signal transduction of IL-6 
is initiated by recognition of IL-6 by IL-6 receptors on cell surface. Hahn [11] introduced the concept 
of “Charomers”, which are IL-6 receptor-specific aptamers that internalise after binding to the IL-6
receptor. Charomers have been used for the targeted delivery of chemopathic agents and in
photodynamic therapy. 

To demonstrate the different selection approaches currently used and the downstream applications
of identified aptamers, four research articles are included in this book: 

• Osteoblast differentiation is a target of regenerative medicine, as it is associated with bone
formation. Nuclear WW domain containing E3 ubiquitin ligase 1 (WWP1) is involved in osteoblast
differentiation by regulating the ubiquitination of Runt-related transcription factor 2..
Tucker et al. [12] selected DNA aptamers that target the homologous E6-AP carboxyl terminus
(HECT) domain of WWP1. One characterised aptamer showed an affinity to WWP1 in the low
micromolar range and was shown to promote extracellular mineralisation in cell culture
experiments. These results demonstrate that aptamer-mediated inhibition of protein ubiquitination
has potential as a novel therapeutic strategy. 

• Bifidobacterium bifidum is a probiotic bacteria commonly found in humans. Hu et al. [13] performed a
whole cell SELEX against B. bifidum to isolate DNA aptamers.  One identified aptamer was able to
differentiate B. bifidum from other Bifidobacterium spp. This aptamer was incorporated into a
colorimetric micotitre plate bioassay for the detection of B. bifidum. 

• Fipronil is a commonly used insecticide linked to human health and environmental risk. Hong and
Sooter [14] isolated aptamers against fipronil, with one characterised aptamer exhibiting specific
binding to fipronil with a low nanomolar dissociation constant. This aptamer was developed into a
microtiter plate detection assay to determine fibronil-spiked river water samples. 

• Staphylococcus aureus is a common cause of infection in humans. Reich et al. [15] demonstrated the
development of an aptasensor for S. aureus using a ferri-/ferricyanide probe. The developed
biosensor could discriminate S. aureus from Escherichia coli and Staphylococcus epidermidis with an
excellent detection limit.

We thank the article authors again for their excellent contributions. We hope this book will not only
be beneficial and interesting to aptamer scientists, but also to extended audiences across biomedical, 
chemical, and environmental sciences.   
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Abstract: Transmissible spongiform encephalopathies (TSEs) are a group of neurodegenerative 
disorders that affect humans and other mammals. The etiologic agents common to these diseases 
are misfolded conformations of the prion protein (PrP). The molecular mechanisms that trigger the 
structural conversion of the normal cellular PrP (PrPC) into the pathogenic conformer (PrPSc)  are  
still poorly understood. It is proposed that a molecular cofactor would act as a catalyst, lowering 
the activation energy of the conversion process, therefore favoring the transition of PrPC to PrPSc. 
Several in vitro studies have described physical interactions between PrP and different classes of 
molecules, which might play a role in either PrP physiology or pathology. Among these molecules, 
nucleic acids (NAs) are highlighted as potential PrP molecular partners. In this context, the SELEX 
(Systematic Evolution of Ligands by Exponential Enrichment) methodology has proven extremely 
valuable to investigate PrP–NA interactions, due to its ability to select small nucleic acids, also termed 
aptamers, that bind PrP with high affinity and specificity. Aptamers are single-stranded DNA 
or RNA oligonucleotides that can be folded into a wide range of structures (from harpins to
G-quadruplexes). They are selected from a nucleic acid pool containing a large number (1014–1016)  of 
random sequences of the same size (~20–100 bases). Aptamers stand out because of their potential 
ability to bind with different affinities to distinct conformations of the same protein target. Therefore, 
the identification of high-affinity and selective PrP ligands may aid the development of new therapies 
and diagnostic tools for TSEs. This review will focus on the selection of aptamers targeted against 
either full-length or truncated forms of PrP, discussing the implications that result from interactions 
of PrP with NAs, and their potential advances in the studies of prions. We will also provide a critical 
evaluation, assuming the advantages and drawbacks of the SELEX (Systematic Evolution of Ligands 
by Exponential Enrichment) technique in the general field of amyloidogenic proteins.

Keywords: prion protein; nucleic acids; SELEX (Systematic Evolution of Ligands by Exponential 
Enrichment); aptamers

1. Introduction

Aberrant prion proteins (PrPs) responsible for the transmissible spongiform encephalopathies
(TSEs) are misfolded conformations of the natively expressed prion protein, the innocuous cellular PrP
(PrPC) [1]. The misfolded conformers, termed scrapie PrP (PrPSc), have the ability to self-perpetuate
and to become infectious entities [1]. Therefore, they are the primary culprit of TSEs, which form a
group of fatal neurodegenerative disorders that affect humans and other mammals [1]. Currently,
the “prion” term has emerged as a new phenomenon in molecular biology, describing proteins with the
ability to undergo autoconversion, autopropagation, and dissemination between cells [2]. Remarkably,
pathogenic PrPs can be transmitted not only between cells but also among organisms of the same

Int. J. Mol. Sci. 2017, 18, 1023; doi:10.3390/ijms18051023 www.mdpi.com/journal/ijms1
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species and this can ultimately lead to epidemic outbreaks [3]. To date, only the prion protein fulfills
the infectious characteristics of true prions. There is, apparently, a lack of conformational properties in
other prion-like proteins to define them as bona fide prions.

PrPC is a constitutive cell-surface glycoprotein, highly conserved among species, expressed in
several cell types, mainly in the central nervous system (CNS) [1]. High-resolution studies have
revealed two structurally distinct domains: the flexible N-terminal region (residues 23–~120) and
the globular C-terminal domain (residues ~120–231), the latter composed of three α-helices and a
small antiparallel β-sheet [4,5]. Is it still not known how the drastic conformational changes occur
in the PrPC structure—even without any mutations in the PRNP gene—to give rise to the abnormal
PrPSc. However, once formed, PrPSc can propagate in an autocatalytic manner, recruiting more PrPC

to fold into new PrPSc, leading to its accumulation in tissues with severe cellular damage and further
neurodegeneration [6]. In contrast to PrPC, PrPSc is a β-structure-rich protein, insoluble, and resistant
to proteolysis. It can form toxic oligomers and aggregates either with an amyloid-like architecture
or with an amorphous disposition [6]. Besides prion diseases, protein aggregation is the central
event of many other neurodegenerative disorders, including Alzheimer’s (AD) and Parkinson’s (PD)
diseases [7]. In each scenario, the misfolding of a specific protein, that is, the amyloid β-protein
(Aβ) for AD, α-synuclein (α-syn) for PD, and the prion protein itself (PrP) for TSEs, can lead to its
aggregation and cell-to-cell transfer, forming insoluble deposits or plaques in different regions of the
brain (depending on the particular protein under discussion) [8]. To date, there is no available treatment
to halt or to delay the neurodegeneration process triggered by one or more of these misfolded and
aggregated proteins in the CNS; therefore, these diseases are still invariably fatal. Understanding the
molecular basis of protein misfolding and conformational conversion are major priorities in the search
for therapeutic strategies that could block or modulate the aggregation process from its very beginning.

The mechanisms that lead a soluble and natively folded protein to adopt an aberrant conformation
with a higher tendency to form aggregates depend on the different intermediate structures formed
during the folding process, the free energy of these intermediates, the energy barrier between them,
and the exposition of hydrophobic surfaces that should be normally buried and solvent-excluded
in a functional conformation [9]. Misfolded forms are normally degraded by cell protein quality
control mechanisms, but during aging these mechanisms begin to fail, losing or reducing their ability
to prevent protein accumulation [10]. Mutations, posttranslational modifications, environmental
variations, or interactions with external agents are also factors that can drive protein misfolding and
aggregation [11]. PrP is also known as a “promiscuous” protein that can bind to different classes
of molecules, including metallic ions, glycosaminoglycans, lipids, and nucleic acids. The biological
relevance of most of these interactions is still not clear, but these ligands may participate in the PrP
structural conversion and, consequently, in disease progression [12–17].

Nowadays, the cofactor hypothesis has gained more visibility. It postulates that the presence of an
adjuvant factor that interacts with PrP favors its interconversion, aggregation, and infectivity [13,16,18–20].
Such a cofactor may act as a catalyst in PrP conversion, lowering the high-energy barrier that
prevents the spontaneous conversion of PrPC into PrPSc (Figure 1). In this context, nucleic acid
(NAs) molecules have been ascribed an important role. PrP has been shown to interact with DNAs and
RNAs both in vitro and in vivo [21–26], indicating their suitable involvement in PrP pathophysiology.
Many studies have evaluated the effects of NAs as molecular cofactors for PrP conversion into
PrPSc-like species. The in vitro-methodology called SELEX (Systematic Evolution of Ligands by
Exponential Enrichment) [27,28] is an interesting tool that has been used to identify and select small
oligonucleotides, known as “aptamers” that bind with high affinity and high specificity to the wild-type
(full-length) PrP and/or its different domains.

In this review, we will focus on published studies about PrP–NA interactions, the SELEX
methodology, the knowledge these bring to the prion field, and the new avenues they offer for
the therapy and diagnosis of such devastating diseases. Besides PrP, several other amyloid-forming
proteins related to conformational diseases can also bind nucleic acids [25]; therefore, we will also
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present an overall critical assessment of the aptamer literature in the general field of amyloids,
reviewing some relevant SELEX studies against other amyloidogenic proteins, focusing also on
the possible drawbacks of this approach regarding aptamer specificity and selectivity against the
monomeric or fibrillar forms of these proteins.

Figure 1. Free energy diagram representing the role of cofactors in prion protein (PrP) conformational
conversion. DNA, RNA, phospholipid (PL), and glycosaminoglycan (GAG) candidates may interact
with PrPC, lowering the energy barrier that prevents its spontaneous conversion to the PrPSc. Different
cofactor molecules may stimulate the conversion to the different PrP pathogenic forms and may
result in the generation of PrPSc with varying conformations, providing a possible explanation for the
existence of various prion strains. I: intermediate state; U: unfolded state. Reproduced from [9].

2. PrP and Nucleic Acids Interactions

The crosstalk between PrP and NAs has captured the attention of the prion research community for
the last twenty years. The first study was conducted by Pradip Nandi in 1997 with the human-derived
neurotoxic prion peptide (PrP106–126) and showed, through fluorescence measurements, the ability of
this peptide to bind to a small single-stranded DNA (ssDNA) sequence with micromolar affinity and
that this interaction induced a structural change in the DNA molecule [29]. In subsequent publications,
Nandi showed that PrP106–126 polymerizes into amyloid aggregates in the presence of DNA, either in
its circular or in its linearized forms, under experimental conditions where the peptide alone did not
polymerize [30]. Wild-type murine recombinant PrP (rPrP) also underwent polymerization in a nucleic
acid aqueous solution [31]. In 2001, our group was the first to show the dual role of NAs in changing
PrP conformation and aggregation [21]. While PrP interaction with double-stranded DNA (dsDNA)
induced the conversion of the full-length recombinant PrP (rPrP) to β-sheet-rich structures and led
to rPrP aggregation as revealed by spectroscopic techniques, the same dsDNA oligonucleotides
inhibited the aggregation of a PrP hydrophobic domain, the PrP109–149 [21]. PrP109–149 undergoes
prompt aggregation when diluted from a denaturing condition into an aqueous solution; however,
the aggregation is completely inhibited in the presence of DNA in a concentration-dependent manner,
as verified by light scattering (LS) measurements and through transmission electron microscopy [21,24].
It was also reported that an anti-DNA antibody (OCD4), as well as the gene 5 protein, a DNA-binding
protein, is able to catch PrP only from the brain material of prion-infected humans or animals, but they
do not capture PrP from non-infected brains [26]. OCD4 seems to present immunoreaction with
DNA-associated molecules and this antibody can form a complex with PrP in prion diseases [26].
Moreover, OCD4 detects PrPSc over ten times more efficiently than an antibody against PrP [26]
supporting the proposal that nucleic acids are associated with PrPSc in vivo. Collectively, these results
reinforce the proposal by our group that DNA can participate in PrP misfolding, shifting the equilibrium
between PrPC and PrPSc by reducing protein mobility and favoring protein–protein interactions [21,32].

Following these initial observations, many groups started evaluating the interaction of NAs with
both PrPC and PrPSc, unraveling many aspects of this crosstalk. One important area of exploration was
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to characterize the DNA-binding site on PrP. Studies with different rPrP constructs, mainly using nuclear
magnetic resonance (NMR) and small angle X-ray spectroscopy (SAXS) measurements, identified at
least two DNA-binding sites in rPrP; one of them in the C-terminal globular domain and the other
in the flexible N-terminal region [33–35]. In 2012, our group showed that different small dsDNA
sequences can individually bind to rPrP, inducing protein aggregation in a supramolecular structure
resembling less-ordered amyloid fibrils [24]. We have observed different effects on the structure,
stability, and aggregation of rPrP upon interaction with different DNA sequences [24]. The resultant
PrP–DNA complex was toxic to murine neuroblastoma (N2a) cell lines, depending on the DNA
sequence, but caused no toxicity to human kidney (HK-2) cell lines [24]. Our results suggested that
the DNA GC-content is important to dictate the aggregation pattern and the formation of toxic species;
in addition, the PrP expression level or some specific factors from the cellular lineage also appeared to
be important to mediate PrP toxicity [24]. In 2013, Cavaliere et al. showed that G-quadruplex forming
DNA can bind to different forms of PrP with nanomolar affinity and, in accordance with our previous
studies, the PrP–DNA interaction led to loss of the secondary structure of both the PrP and the DNA
molecule, indicating that there are reciprocal structural changes after DNA binds to PrP [24,36].

PrP–RNA interactions have also been described. The work of the Darlix group showed that PrP
has nucleic acid chaperoning activities, similar to nucleocapsid retroviral proteins, indicating that
PrP might participate in nucleic acid metabolism (both RNA and DNA) [37,38]. Indeed, rPrP binds
different RNAs with high affinity in vitro and in vivo. This interaction promotes the formation of
PrP aggregates where PrP becomes resistant to proteinase K (PK) digestion and the RNAs bound to
the complex are resistant to ribonuclease (RNase) attack [22,23,39,40]. This interaction is normally
abolished when the PrP construct has its N-terminal region truncated (residues 23–~121), as shown
by different groups, suggesting that the flexible PrP N-terminal region is important to establish
the interaction with RNA [33,40]. In 2003, Deleault et al. described the role of RNA molecules in
stimulating prion protein conversion in vitro [23]. The amplification of a protease-resistant PrPSc-like
molecule, termed PrPRes (from the PK-resistance property), was evaluated by the in vitro conversion
assay based on the protein-misfolding cyclic amplification (PMCA) method [41,42]. PMCA uses
diluted prion-infected brain homogenate as a seed to trigger the conversion of PrPC in healthy brain
homogenates; the final amplified PrPRes shares many specific characteristics with the scrapie prion
propagated in vivo; therefore, it is widely used in prion conversion studies [41]. It was found that
RNase inhibits PrPRes amplification in a dose-dependent manner, evidencing that RNA is required for
the efficient formation and accumulation of scrapie-like PrP in vitro. Moreover, only the addition of
specific RNAs (isolated from mammalian brains) was able to stimulate this conversion reaction [23].
Subsequent work, using only purified and synthetic molecules, revealed that PrPC, PrPSc, co-purified
lipids, and poly-A RNA can form the minimal set of components necessary to amplify the PrPRes

conformation in vitro with the ability to infect normal wild-type hamsters in vivo [18]. The requirement
of a negatively charged accessory molecule for the efficient production of infectious prions in vitro
(synthetic prions) is in good agreement with the proposed cofactor hypothesis, where endogenous
or extracellular factors may participate in prion propagation in vivo. Nevertheless, more studies are
required to determine what the exact molecular characteristics of PrP conversion catalysts are and to
establish whether one or more cofactors could be considered ‘ideal’ for forming true prions in vitro or to
participate in prion pathogenesis in vivo. Our group showed, through several biophysical approaches,
that depending on the RNA source—whether from mammalian, yeast, or bacterial cells—the interaction
with murine rPrP led to aggregation with different extents. rPrP–RNA interaction led to secondary
structural changes in both rPrP, which loses α-helical content, and in the RNA molecule [40]. Finally,
only the aggregated species formed upon incubation with RNA extracted from N2a cells were highly
toxic to N2a cells in culture [40]. RNA-binding to ovine PrP was also investigated, and the results
revealed a likewise PrP conformational shift to a higher β-sheet content, as well as the neurotoxicity of
this complex [39]. In accordance with previous work, the PrP N-terminal region seems to be essential
to mediate these effects [40,43].
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Although PrPC is typically localized anchored at the plasmatic membrane, it has been reported
that it can be found in the nucleus of neuronal and endocrine cells and can interact with chromatin [44].
The translocation and deposition of misfolded PrPs in the nucleus of infected cells, where the
misfolded PrP was able to interact with chromatin components, has also been shown [45]. Although
converging experimental evidence indicates that the endocytic pathway is the principal site of prion
conversion [46,47], one might speculate that an abnormal nuclear compartmentalization of PrP may
contribute to its encounter with non-native partners that could be involved in prion pathogenesis.
Nevertheless, PrP and nucleic acids could crosstalk even along the endocytic pathway, as would be
the case of endocytosis of exogenous (or from the membrane) PrP bound to nucleic acid. It would
also be possible that cytosolic forms of PrP [46] encounter small NAs in the cytoplasm, triggering
conversion. In fact, cytosolic PrP has been shown to induce the formation of large ribonucleoprotein
organelles in the N2a cell line [48]. Moreover, PrPC to PrPSc conversion can also occur on the plasma
membrane, being the primary site of conversion when the host is infected with scrapie from external
sources [49,50]. In this latter case, a nucleic acid released from a cell or from an exogenous source could
encounter PrPC/PrPSc at the membrane.

Altogether, the evidence compiled here concerning PrP–NA interactions strongly suggest that
these molecules can be partners in vivo. Both of them can trigger PrP misfolding, leading to its
aggregation in vitro, and they can also stimulate PrPSc conversion and propagation in vivo. Although
they are not identical, the misfolded PrPs formed can be toxic to cultured cells depending on the
nucleic acid sequence evaluated. We strongly believe that the sequence and structure adopted by the
NAs are essential to dictate those effects. More studies about this partnership may be fundamental
not only to understand prion function or dysfunction but also for the development of effective
therapeutic approaches.

3. SELEX Technique and the Aptamer Discovery

The SELEX technique consists of finding NA ligands with high affinity and specificity against a
given target [27,28]. In this review, our target is the PrP. Generally, the core of the selection process
consists of the following essential steps: (i) incubation of a randomly synthesized DNA or RNA library
(containing 1014–1016 different oligonucleotides sequences) with the selected target to allow binding;
(ii) separation of bound from non-bound species (unbound oligonucleotides are removed by several
stringent washing steps of the binding complexes); (iii) elution of the target-bound oligonucleotides
with higher salt concentrations; and (iv) amplification of the oligonucleotide bound species by a
polymerase chain reaction (PCR). A new enriched pool of selected oligonucleotides is generated by
purification of ssDNAs from the PCR products (DNA SELEX) or by in vitro transcription (RNA SELEX).
Then, this selected NA pool is used for the next selection round. This process can be repeated several
times to enhance the affinity and specificity of the isolated NA sequences. The final selected NA
sequences are called aptamers; they have to be cloned and individual aptamers have to be sequenced
and validated against its target (Figure 2). The stoichiometry of the target and the NAs can be altered
as well as the number of washes, and competitive inhibitors can also be added to the binding buffer
to enhance the stringency of the SELEX conditions [51]. A counter-SELEX procedure can also be
performed to exclude sequences recognizing other non-interested targets by using similar structural
targets, therefore increasing the selectivity of the aptamers [52]. Over the years, many modifications
and improvements have been introduced to the classical SELEX methodology in order to decrease the
selection time and enhance the binding affinity, which include capillary electrophoresis (CE)-SELEX,
automated SELEX, and whole cell SELEX [52]. The cell–SELEX technique is fast, straightforward,
and very promising because it can be performed with normal living cells, thus guaranteeing that target
proteins on the cell maintain their native conformation and function along the selection procedures [52].
Some aptamers have already been discovered to work against different cancer cells by this method;
for example, one of them could specifically recognize leukemia cells [53]. To date, there is only one
federally approved aptamer, the Pegaptanib drug, selected against vascular endothelial growth factor
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(VEGF) to treat the age-related macular degeneration, although there are more than 10 aptamers under
different stages of clinical trials for treatment of coagulation, inflammation, cancer, etc. [54]. However,
various crucial aspects have delayed the clinical translation of therapeutic aptamers, including their
intrinsic physicochemical properties and the lack of safety data.

Figure 2. General scheme of the SELEX method using recombinant PrP as the target. A SELEX round
consists of the following essential steps: (i) binding after the incubation of a randomly synthesized
DNA or RNA library (containing 1014–1016 different sequences) with the molecular target (full-length
recombinant PrP or other PrP constructions); (ii) removal of the non-bound NA species; (iii) elution of
NA sequences from the immobilized PrP (either in-column, in ELISA dishes, or other); (iv) amplification
of the eluted NA sequences; (v) back to Step (i). This process can be repeated several times to enhance
the affinity and specificity of the isolated NA sequences. The final selected NA pool contains the
aptamers that have to be further cloned, and individual aptamers have to be sequenced and validated
for binding against its target, PrP.

Aptamers are small single-stranded DNA or RNA nucleotides with a length varying from 20 to
100 bases, flanked by two constant sequences that contain the primer-binding sites [48]. This name
comes from the Latin “aptus,” which means “fit”. Single-stranded NAs can fold into a variety of loops,
stems, hairpins, quadruplexes, and bugles, among other shapes, to generate a vast range of secondary
and tertiary NAs structures [52]. A well-defined three-dimensional structure of these oligonucleotides
can specifically recognize and interact with several target molecules, including amino acids [55,56],
proteins [57], antibodies [58], or even whole cells [59]. The interaction affinity occurs in the nanomolar
to femtomolar range and is established by various intermolecular forces such as hydrogen bonding,
van der Waals forces, and base stacking. To date, thousands of aptamers have already been selected
against a wide range of target ligands [52]. They are compared to antibodies but have more advantages
over them. They are smaller in size, which allows them to reach the cellular target more easily than
classical antibodies; they might have more affinity to the specific target; they are easier to synthesize;
and they are non-toxic and non-immunogenic [52]. Aptamers are also more thermally stable and
can restore their original structure easily and quickly if denatured, while antibodies cannot. These
characteristics support the evaluation of aptamers as great therapeutic candidates. Their clinical
limitations—such as low stability, because of nucleases’ action in blood, and fast clearance, due to their
smaller size—can be easily overcome by further chemical modifications [60]. Site-specific modifications
are difficult to make in antibodies, in contrast to aptamers, where chemical modifications can be
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easily introduced at any desired position in the nucleotide sequence. Because of their ability to
bind to proteins and to block their functions, they are also being investigated in the interruption or
prevention of misfolded protein accumulation, which is related to many diseases, as discussed here.
Moreover, aptamers might differentiate even between isoforms of a given protein, which would aid
the understanding of prion function and/or dysfunction, in addition to the diagnostic potential.

4. Nucleic Acids Aptamers against PrP

Considering PrP interaction with a large variety of NAs, this protein was proposed as a NA
chaperone, although many doubts still persist concerning either its functional or pathological role.
Pursuing the main objectives of dissecting PrP–NA interaction, elucidating PrP conformational
conversion, identifying specific NAs with which PrPs from different species may interact, and looking
for therapeutic and/or diagnostic methods, several studies have applied the SELEX method [61].
With regard to therapeutic perspectives, aptamer(s) binding to PrPs could prevent their conversion and
accumulation by stabilizing PrPC or PrPSc, inhibiting PrPC-PrPSc interaction, or blocking PrPC binding
to some pathological stimulating cofactor. Specific aptamers for PrPs could also set up new diagnostic
tools, since early diagnosis is crucial and will definitely improve the efficacy of any attempt at therapy.

The first aptamer for PrP was selected by Weiss et al. in 1997 using the SELEX method directed
against recombinant Syrian hamster full-length prion protein (rPrP23–231). The isolated unmodified
RNA aptamer did not recognize the C-terminal domain construct (rPrP90–231) that lacks almost all the
N-terminal residues [33]. They mapped the RNA aptamer-binding site between amino acid residues
23–52 at the PrP N-terminal region. They also suggested that these RNA aptamers may fold into
guanine(G)-quartet-containing structural elements that seem to be essential for PrP recognition since
the G replacement for uridines (U) in the aptamer sequence abolished its binding to PrP [33]. These
individual RNA aptamers interact specially with PrPC from brain homogenates of healthy mice,
hamsters, and cattle but did not recognize PrPRes in brain homogenates from prion-infected mice;
moreover, the interaction was not observed in PrP knockout mice [33]. The conservation of the specially
PrPC–RNA interaction in different species provided the first landmark to the development of new
diagnostic assays for prion diseases using aptamers.

The same group in 2001 was also the first to show the therapeutic potential of aptamers against
prion diseases by selecting the 2′-amino-2′-deoxypyrimidine-modified RNA aptamer (DP7) that was
able to reduce PrPSc accumulation in prion-infected neuroblastoma cells [62]. The RNA chemical
modification was made—after using SELEX—as a strategy to enhance the RNA resistance to nucleases.
DP7 was highly specific to human PrP90–129, a region involved in PrP pathological conversion, and its
binding was sustained even for full-length PrP from different species, including humans, mice,
and hamsters [62]. One might speculate that blocking this region could supply promise for controlling
the conversion. In 2003, Rhie et al. were the first to characterize RNA aptamers that bind preferentially
to the infection-related conformations of PrP [63]. The 2′fluoro-RNA aptamer against scrapie-associated
fibrils (SAF-93) had a tenfold higher affinity for PrPSc than for PrPC and inhibited prion propagation
in an in vitro conversion assay, highlighting its therapeutic and diagnostic potential [63].

Following these studies, many authors have used the SELEX methodology either against PrP23–231

from different species, the PrP C-terminal domains, PrP peptides, or pathogenic-related conformations
(Table 1). It has been revealed that aptamer interaction with PrP is sustained even after immobilization
and aptamer chemical modification [64]. Briefly, the first DNA aptamers were selected against
recombinant human cellular PrP23–231 and interacted specially with mammalian PrPs from normal brain
homogenates of sheep, calf, piglets, and deer as well as with PrPC expressed in N2a cells [65]. None of
them bound to PK-digested prion-infected ScN2a cells, suggesting that these aptamers hold specificity
for PrPC [65]. Their binding affinity appeared to be both aptamer sequence- and structure-dependent,
with dissociation constants in the micromolar to nanomolar range, in accordance with our work
with nucleic-acid ligands selected individually [65]. The work from King et al. selected aptamers
against the globular domain (residues 90–231) of hamster PrP, folded into an α-helical-rich native
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conformation, identifying a thioaptamer (with phosphorothioate modification to enhance their stability
against nucleases) with an affinity of 0.58 (+/−0.1) nM for hamster PrP [66]. Lower affinities for bovine
(Bo) and human (Hu) PrP were found, suggesting some specificity where the interaction is dependent
on the primary structure of PrP [66]. A control oligonucleotide with the same length and a scrambled
consensus sequence could not differentiate among the three PrP sequences, and control oligonucleotides
encompassing non-selected sequences bound to PrP at a sequence-independent DNA-binding site with
much lower affinities [66]. The results confirm that the high-affinity binding of thioaptamers to PrP
depends on backbone modifications, oligonucleotide sequence, and PrP sequence [66].

As well as RNA aptamers, the ssDNA thioaptamers designed by Kocisko et al., were able to bind
PrPC on live cells, to be cell-internalized and potently inhibit PrPRes accumulation in infected-cultured
cells [67]. Interestingly enough, prophylactic treatments with these modified oligonucleotides tripled
scrapie survival periods in mice [67]. A prolonged survival time was also observed when these
phosphorothioate aptamers were previously mixed with the infectious brain inoculum [67]. The
potent anti-scrapie activity of these modified nucleic acids represents a new class of drugs that hold
promises for the treatment of prion diseases [67,68]. Mashima et al. in 2009 provided the first report,
showing the high-resolution structure of an RNA aptamer (R12) against isolated domains of the
bovine PrP by NMR. The GGAGGAGGAGGA sequence from R12 aptamer forms an intramolecular
parallel G-quadruplex structure [69]. G-quadruplexes are formed by G-rich sequences and are built
around tetrads of hydrogen-bonded guanine bases (Hoogsteen base pair). Two or more G-tetrads
can stack on top of each other to form the structure, and the quadruplex is stabilized by a cation,
especially potassium [70]. Two R12 quadruplexes form a dimer through intermolecular hexad–hexad
stacking [69]. Most of the RNA aptamers obtained by this group contain GGA tandem repeats and
bind both rPrPC and the beta-form of PrP with high affinities [71]. The DNA counterpart aptamer (D12)
can also bind to PrP, but the affinity is weaker for both cellular PrP and its β-form [36,69]. The GGA
tandem repeats form peculiar quadruplex structures that appear to be critical for the higher affinities
and recognition of PrP. This tight binding is expected to stabilize PrPC or block its interconversion and
to thereby prevent the onset of prion diseases.

NMR measurements also provide the first high-resolution 3D-structure of the complex formed
with N-terminal PrP peptides (P1 and P16) and the R12 aptamer [72]. The G-quadruplex structured
RNA is preserved even after interaction with PrP. The RNA forms a dimer where each monomer
simultaneously binds to two portions of the PrPC N-terminal region, which can explain the
strong binding, where electrostatic and stacking interactions drive the affinity of each portion [72].
Additionally, the authors demonstrate that the driving force for the binding between R12 and P16 (a
PrP peptide) is a robust gain of water entropy, and the energy decrease driven by attractive interactions
between R12 and P16 is compensated by the energetic dehydration effect after binding or vice-versa.
The interaction of the complex occurs via stacking of flat moieties, via electrostatic interactions,
including specific hydrogen bonding, and through molecular geometry complementarity [73].

One should not forget that an appropriate geometrical correspondence of hydrogen bond
donors and acceptors may allow more stable complexes to be formed, but it is mainly due to
stacking interactions that significant stabilization occurs [74]. Moreover, R12 was shown to reduce the
accumulation of PrPSc levels in scrapie-infected neuronal cells, demonstrating its great therapeutic
potential [65]. Remarkably, G-quadruplex forming NAs were shown to change the PrPC structure
after binding, so that they may actually lower the free energy barrier between the two conformers
and therefore prompt the conversion process [36]. As one of the strongest PrP binders, more attention
should be given to these peculiar NA structures. In fact, many NA ligands directed against PrP
discussed here might form G-quadruplex structures, as they contain at least four GG repeats in their
sequence that could form quadruplexes after dimerization. The PrP messenger RNA (mRNA) itself
has sequences with the propensity to form G-quadruplex depending on environmental conditions
such as fluctuations in potassium levels [75]. One cannot rule out the possibility that PrP interaction
with its own mRNA might be involved in their physiological or pathological pathways.
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5. Aptamers against Other Amyloidogenic Proteins

The prion protein has been understood as the etiological agent of TSEs amyloidosis, but nowadays
the term “prion” has evolved to describe a phenomenon in molecular biology that is more ubiquitous
than previously thought and that is shared by other prion-like proteins, especially the ones that
can aggregate into amyloid fibrils through a highly ordered mechanism. Unrelated proteins in their
sequence or structure can form amyloid aggregates that possess a common cross-architecture with
a β-sheet enriched core; it appears that the amyloid fibril formation is the result of an intrinsic,
conservative, and generic process of proteins, and amyloids formed by the same protein sequence
can still be found with different structural and phenotypic properties [7]. Evidence indicates that
amyloid fibrils share specific structural characteristics and aggregate morphologies; however, some
structural polymorphisms between amyloids can be found either in vivo or in vitro [83]. Although
our review focuses on PrP interactions with nucleic acids, we find it useful to also provide an overall
critical consideration regarding aptamer interactions with other prion-like amyloid proteins.

In this context, RNA aptamers were selected by SELEX against the wild-type bovine PrP (bPrP);
the recognition was shown to occur mainly through the PrP N-terminal (25–131) region, as expected
and confirmed by other researchers [40,71]. However, and interestingly, those same aptamers also
bound to bPrP in the β-conformation (bPrP-β), which resembles the amyloid core, but with a tenfold
lower interaction affinity [71]. Thus, it led the group to conclude that the selected aptamers bind with
high affinity to both native PrP and the amyloid-like PrP conformation. The transition from the native
α-form to a β-form was achieved, and it occurs briefly in the presence of phospholipid micelle solutions
at pH 5.0 [71]. One question raised is this: How did an aptamer selected against a non-amyloid prion
form recognize the β-conformation? The same bPrP-β formation protocol was applicable to human,
cow, elk, pig, dog, and mouse PrP, even in wild-type or truncated PrP forms, and it showed that
part of the flexible domain encompassing the 105–120 region must be present for the generation of
bPrP-β [71]. Although that region is normally unfolded in the native PrP, it can also undergo dynamic
structural shifts. This region is normally positively charged but also contains hydrophobic amino acids,
both important for NA-binding. One might speculate that the epitope recognition motif found in the
105–120 PrP region can be found both in the native or in the amyloid PrP conformation; the aptamer
interaction is established with high affinity for the two forms (bPrP and bPrP-β), but with a significant
difference between them, probably because, for the latter, the new structure potentially adopted by
the 105–120 region might change the dissociation constant value. Besides, the results showed that the
high affinity for bPrP-β by the selected aptamer is abolished at a high salt concentration (1M NaCl);
this behavior is not observed for the native bPrP, which maintains approximately the same interaction
affinity for the same selected aptamer in equal experimental conditions [71]. This suggests that this
aptamer interaction with the amyloid PrP form occurs mainly through electrostatic interactions, but for
the native PrP, electrostatic interactions may bring the two partners in proximity, allowing them to
establish more specific intermolecular forces (hydrophobic and base stacking), resulting in a higher
affinity for the native PrP. In addition, when minimizing the aptamers’ length, they lose their affinity
for the bPrP-β (30-fold less) in comparison to bPrP, demonstrating that a differential aptamer specificity
indeed exists for the two PrP conformations [71]. We thus suggest the use of non-aggregated PrP forms
as competitors to improve selection and binding-ability to β-forms of PrP.

Besides PrP, we will also discuss briefly some studies about other amyloidogenic proteins
related to diseases, such as Aβ protein and β-2-microgobulin (β2m), regarding their interaction
with aptamers. RNA aptamers were selected against Alzheimer’s amyloid Aβ peptide (1–40), and,
apparently, the selection targeting a non-amyloid Aβ conformation led to the selection of aptamers that
recognized the β-sheet-rich fibrils of Aβ [84]. Aβ (1–40) presents a hydrophobic domain that aggregates
easily, especially in amyloid fibrils, but the experimental condition of Aβ (1–40) immobilization for
the SELEX process in this particular study did not guarantee that the monomeric conformation
of Aβ (1–40), that is, the SELEX target, was maintained in-column [84]. Aβ (1–40) could possibly
aggregate in-column and/or will also be found in the trimeric or tetrameric form. It cannot be ruled
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out that those oligomeric forms present a β-sheet core enriched enough to be considered a pre-amyloid
aggregate, which could explain the positive selection of these aptamers to the mature amyloid fibrils
as well. Preformed aggregates induce fast aggregation of amyloidogenic proteins, resulting in poor
experimental reproducibility [85], and are not desirable in aptamer selection for non-aggregated,
non-fibrillar forms of the respective proteins. The interaction of Aβ (1–40) fibrils with these particular
RNA aptamers can be easily detected through electron microscopy; the aptamer was labeled with
colloidal gold that stained as black dots along the amyloid-fibrils, showing that the interaction occurs
in specific regions of the fibril with an apparently specific distribution pattern [84]. Again, the addition
of experimental controls like other amyloid fibrils or completely non-aggregated proteins is of interest
to refine the executed assay.

Subsequently, the study performed by Rahimi et al. provided a step forward, exploiting aptamers’
interaction with amyloid fibrils formed by distinct proteins [86]. The results showed that an aptamer
selection targeting a non-fibrillar Aβ preparation led to a selection of aptamers that recognized
fibrils of Aβ and fibrils of other amyloidogenic proteins [86]. Although we consider this work
strongly relevant, some considerations can be explored for relevant discussion and speculation
of other possibilities regarding the experimental evidences and conditions; some of them were
also raised by the authors [87]. One of the aptamer selection targets was the cross-linked trimeric
form of the Aβ protein using the filter-binding SELEX assay. The authors selected the Aβ trimeric
conformation by direct purification from the SDS-PAGE and stored it for approximately twenty-four
hours in a solution containing traces of SDS before the final procedure, which consisted of long-term
dialysis to remove impurities until the sample was ready for the SELEX’s first round [88]. These
procedures suggest that traces of SDS may have been present in the sample and/or the extensive
dialysis duration might have accelerated Aβ self-aggregation, enhancing the β-sheet content and/or
favoring protein–protein interaction and aggregation, as verified for other proteins [89,90]. In addition,
a nitrocellulose filter-binding assay is not the most suitable way to retain low-molecular-weight
proteins such as Aβ (1–40), due to the poor retention of the peptide on the filter. This approach might
result in the apparent unexpected lack of interaction between the aptamers selected against this specific
Aβ assembly (in the trimeric expected conformation), with the same expected assembly verified
through a filter-binding assay [86]. The aptamers were probably not selected against a homogeneous
non-aggregated Aβ-form; we therefore believe the SELEX target was a common cross-beta structure
present both in the trimeric form, oligomers and in the amyloid fibrils. Moreover, the evidence that
two aptamers have different binding affinities between fibrils formed with the Aβ (1–40) and Aβ (1–42)
reveals that there must be some specificity governing the aptamer interaction [84]. The reactivity of
aptamers against Aβ (1–42) fibrils was somewhat lower than their reactivity with Aβ (1–40) fibrils,
again suggesting moderate specificity for Aβ (1–40) [84]. Given that observation, there are minor
differences between Aβ (1–40) and Aβ (1–42) that come from a dissimilar enzymatic cleavage site of the
amyloid precursor protein (APP), and there are still significant differences upon binding to the selected
RNA aptamers, strongly suggesting some specificity, which we are still looking for. Remarkably, these
same aptamers recognize fibrils of other amyloidogenic proteins, including insulin, islet amyloid
polypeptide, calcitonin, lysozyme, and PrP106–126, but with significant differences between some fibrils
that might correlate with residual specificity [86].

Similar results were obtained in other work, where aptamers were selected against fibrils of
β2-microglobulin (β2-m) or against monomeric β2-m at low pH [91]. The aptamers bind with high
affinity to β2-m fibrils with different morphologies formed under different conditions in vitro, as well
as to amyloid fibrils isolated from tissues of β2-m-related amyloidosis patients, demonstrating that they
can detect conserved epitopes between different fibrillar assemblies of β2-m, including those formed
in vivo. At this time, the group’s data demonstrate that the selections generated aptamers able to bind
with high affinity to all three forms of β2-m, including two distinct fibrils and the low pH monomeric
form [91]. The validation of the interaction was performed through surface plasmon resonance (SPR),
a more suitable and refined method for this approach than dot-blot only [91]. These results suggest that
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the β2-m fibrils share at least one epitope in common with the monomeric β2-m, and the higher affinity
for the fibrillar form might be due to more epitopes being available and the greater ease of interacting
with these aptamers in the macromolecular structure of the fibril. The aptamers also reacted with some
(but not all) other amyloid fibrils, either generated in vitro or isolated from ex vivo sources; but for
these other proteins, none of the aptamers were able to bind to native monomers, confirming that the
epitopes being recognized are fibril specific [91]. Thus, the native folded species seem not to share
epitopes in common with the fibrillar and pre-fibrillar states. SPR measurements also showed that
there are large signal differences between the naive SELEX RNA pool and the final selected individual
aptamers against the target, confirming that the SPR responses seen are due to specific binding and
not to inherent affinity of the oligonucleotides for fibrillar amyloid structures [91]. The same behavior
was reported for certain antibodies, which could recognize conformational epitopes in Aβ assemblies
and interact with similar assemblies of other amyloid-forming proteins [92–95]; some antibodies were
raised against oligomers but reacted with both oligomeric and fibrillar assemblies [96–98].

One must conclude, based on these observations, that, although amyloid fibrils have many
common structural properties, they also have features that are unique to individual fibril types.
Some amyloids may hinder more structural differences than others, and because of these structural
polymorphisms, aptamers selected against a specific amyloidogenic protein can interact with other
unrelated amyloid-forming proteins with similar or significantly different affinities, depending
on the amyloid protein aggregated structure. There were also cases where these aptamers have
not at all recognized amyloid fibrils from other amyloidogenic proteins, such as apomyoglobin,
Aβ (1–40), or transthyretin, but significant binding was observed to fibrils formed from lysozyme [91].
The aptamer binding to lysozyme fibrils cannot be the cause of nonspecific interactions, as evidenced by
the inability of the aptamer to bind to native monomeric lysozymes together with the observation that
the naive RNA SELEX pool binds relatively weakly to the lysozyme fibrils under these conditions [91].
Although these aptamers recognize an epitope present in different amyloid fibrils, the epitope for each
aptamer must be either distinct or differentially accessible between different amyloids. Understanding
the structural molecular basis of why some aptamers and antibodies raised against monomeric proteins
can recognize either the oligomeric forms or the amyloid polymeric architecture requires an ongoing
investigation, but will definitely improve the discussion about their potential in the pharmaceutical
and biotechnology fields.

6. Conclusions and Perspectives

Over the last twenty years, NAs have been proposed as potential cofactors that can bind to
different disease-related proteins and can trigger their misfolding and aggregation processes [9,99].
Protein interactions with NAs are governed by several molecular forces, including hydrogen bonding
mediated by aqueous solvent, electrostatic, hydrophobic, and stacking interactions [52]. Because of the
many structural motifs existing both in proteins and NAs, as well as the variations in the nucleotide
sequences, it is very difficult to characterize a single model for protein–NA interactions. Hydrophobic
interactions seem to be more efficient than charge effects for driving protein aggregation [100].
However, both factors (hydrophobic and charge effects) can be critical and determinant for protein
aggregation and need to be considered for understanding the process in vivo and the role of amino acid
composition, sequence, and substitutions in protein misfolding diseases and protein design [100,101].

The knowledge acquired from the PrP studies discussed here permitted us to map the NA-binding
sites on PrP. This interaction involves at least three different binding sites: two of them localized
at the N-terminal flexible region and the other in the structured globular C-terminal domain.
Apparently, the two lysine clusters in the N-terminal domain, encompassing residues 23–52 and
101–110, are involved in all non-specific NA interactions, since this is a positively charged region with
enough flexibility to bind DNAs, RNAs, and even heparin molecules, mainly through electrostatic
interactions with the sugar-phosphate backbone [35,63]. Through NMR studies, residues encompassing
the lysine cluster were shown to mediate the interaction with DNA [34] or RNA [72]. Although
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contributions from hydrophobic interactions appear to be more important than those involving charge
interactions, the influence of charge factors on protein aggregation must not be underestimated [100].
Structural data show that the PrP globular domain in the normal conformation can interact with DNA
but not with RNA [35,40]. However, conformational changes in the C-terminal domain, especially in
its transition to beta forms, can expose structural or sequence motifs that are able to bind even RNA
aptamers through more specific interactions than those established with the N-terminal region [63].

Although many efforts have been made to find the sequence specificity governing PrP-NA
interactions, no consensus has yet been found. Partial consensus sequences are clearly present,
confirming that selection had occurred, but there has been no obviously dominant epitope-binding
consensus. Comparison of the aptamers sequences reported elsewhere for either anti-PrP or anti-Aβ

(1–40) or anti-β2-m aptamers did not show significant sequence motif matches, suggesting that the
aptamers raised are specific to their selection targets. Some structural features can be highlighted,
such as the G-forming quadruplex in many DNA and RNA ligands that provides tight bonding;
however, other structural motifs, such as hairpins and the double helix, have also been described and
proven to have a high affinity for PrPs [24,36]. Through NMR studies, it appears that the geometric
characteristics (overall shapes, sizes, and detailed polyatomic structures) of the molecules are the
most important factors governing PrP recognition [73]. The strong diversity between PrP nucleic
acid ligands should not rule out the existence of some specificity, once many modifications in the NA
molecule can alter its PrP-binding affinity and can trigger different changes on PrP properties [24,33].

NA molecules might play a dual role in prion biology, either by triggering PrP conversion and
aggregation or by preventing them. Understanding this intriguing partnership could be critical
to explaining how prion diseases arise, and to developing effective diagnostic and therapeutic
methodologies. In terms of the pathological aspect, NA-binding to PrP could lead to reciprocal
conformational changes, altering both the PrP and NA structure and promoting distinct modes of
polymerization depending on the NA source. Possibly the charge neutralization of the positively
charged PrP N-terminal domain after NA binding favors the association of PrP molecules, which might
explain the immediate NA-induced PrP aggregation [102].

What remains to be elucidated is whether these interactions are relevant in vivo, regarding either
the pathology or biology of prions. Although RNA molecules were found to be associated with
plaques in the brains of AD-diseased patients [103–105], no direct evidence of in vivo association of
specific nucleic acid sequences with PrP scrapie in affected humans has been found yet. Nevertheless,
the work of Manuelidis’ group showed that circular DNAs could be co-purified along with infectivity
in 22L-infected cell lines, in hamster 263K scrapie-infected brain samples, and in FU-CJD infected
mouse brain [106]. Additionally, the same group showed that prion infectivity was retained when
PrP was digested; in contrast, when different prion strains were treated with nucleases, infectivity
(prion titer) was substantially reduced [107]. In addition, PrP-NA interaction was shown to be
fundamental in generating synthetic scrapie prions; free small RNAs, extracted from highly infectious
scrapie-associated fibrils (SAFs) and incubated with PrPC, were shown to promote PrPC–PrPSc

conversion with the acquisition of infectivity, inducing prion disease in wild-type healthy Syrian
hamsters [108]. These results indicate that nucleic acids are essential for prion infectivity and might be
involved in prion pathogenesis.

Altogether, these studies show that NAs are potential PrP cofactors able to catalyze the formation
of PrPSc in vivo. The “NA cofactor hypothesis” initially proposed by our group and reinforced by
other contemporaneous studies does not necessarily refute the commonly accepted “protein-only
hypothesis”, where PrP is the solely proteinaceous infectious agent. In fact, we otherwise add to
this vision the suitable participation of molecules that could facilitate protein aggregation and the
formation of infectious conformations that could, even alone, template the conversion of normal PrPs
into abnormal conformations, thus leading to prion disease progression.

Protein folding and protein aggregation are dynamic and competitive events constantly fighting
inside the cell and driven by the same molecular forces, which explains why these processes are
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well controlled and balanced by the protein quality control of the cell machinery [109]. The process
is so complex that an increasing number of proteins with the same amino acid sequence were
shown to adopt, under native conditions, various folded conformations that coexist in dynamic
equilibrium [109]. Especially for the amyloid aggregation pathway, there are many precursor species
along the way to fibril maturation: amyloid seeds, oligomeric forms, prefibrillar, and fibrillar states [7].
Therefore, amyloid aggregation is also a dynamic and potentially reversible process where different
species may be present even after fibril formation. Regarding aptamer selection against amyloid
prions, the characterization of aptamers is particularly important, because the natural affinity of
oligonucleotides for fibrillar amyloid structures potentially hinders the development of aptamers
that are specific for non-fibrillar amyloid proteins under physiological conditions [86]. Particular
studies discussed in this review describe the selection of nucleic acids that inherently bind fibrillar or
β-sheet-rich structures of amyloid proteins. This tendency must be more deeply explored. In addition,
it is important to determine the size distribution profile of the amyloid aggregates as well as the
morphology of each species that can coexist in the aggregation protocols used in those studies,
making it more difficult to guarantee which exact species are exposing the exact epitope that led to the
aptamer selection. In general, aptamers selected against amyloidogenic proteins recognize a structural
motif, probably the backbone of the proteins in a cross-β structure that is common to the fibrillar
state of these proteins. Nucleic acid reactivity clearly depends on the protein assembly state and to
some extent on the protein sequence. Based on the idea that the amyloid fold is ancient and may
have co-evolved with RNAs [110,111], it is plausible to propose that such proteins present a general
nucleic acid binding property resulting from this evolution process. NA-binding can thus result in
ribonucleoprotein complexes that possess important cellular functions, for instance, being related to
functional amyloids [112] or to amyloidogenic diseases [99]. Accordingly, it is expected that amyloids
and amyloid-forming proteins will present promiscuous RNA- (or even DNA)-binding characteristics.

Developing effective therapies against prion diseases and other amyloidosis remains a hard
challenge. Together with the therapeutic potential of aptamers against PrP, ligands able to bind
and stabilize the native state of an amyloidogenic protein provide one such potential strategy for
controlling protein accumulation and the disease progression of many neurodegenerative disorders
including Alzheimer’s and Parkinson’s diseases [51]. Efforts to generate aptamers that would
specifically recognize oligomeric pre-amyloid species have also been a challenge, likely due to the
dynamic nature of the oligomers preventing long-lasting NA–oligomer interactions. This inherent,
apparently sequence-independent, affinity of oligonucleotides may have led to the generation of
fibril-cross-reactive aptamers in studies aiming to generate aptamers for non-fibrillar amyloidogenic
proteins. Recently, Takahashi et al. have selected aptamers against an oligomeric model of Aβ

(1–40) and demonstrated an interaction with monomeric Aβ with micromolar affinity [112]. However,
the cross-reactivity of these aptamers with fibrillar Aβ (1–40) or with other fibrillar amyloidogenic
proteins was not determined [113]. In addition, data in the literature indicate that aptamers can
also be used to detect early β-sheet formation more sensitively than the common thioflavin-T (ThT)
amyloid dye [86]. Thus, these aptamers could be highly efficient detection tools of β-sheet formation
in histopathological and in biophysical studies in vitro.

Overall, if aptamers are to be obtained for diagnostic and therapeutic approaches in amyloid
diseases, the use of such a selective powerful tool is yet to be achieved in this field. Additional
experiments to generate devoted and specific aptamers for prefibrillar assemblies (including monomers
and oligomers) will have to deal with the apparent inherent affinity of oligonucleotides for fibrillar
structures. Nevertheless, small differences in specificity and affinity of aptamers for amyloid and
monomeric proteins may indeed allow their application in diagnosis or therapy.

In the context of the biology and pathology of prion proteins as well as in other protein-misfolding
diseases, it would be valuable for those who would like to continue researching aptamers and their
applications to find the ideal aptamer against therapeutic targets of the future, specific enough to
warrant their use as recognition tools or therapeutics. Maybe the literature is being too optimistic in
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this regard, but we cannot forget those are still invariably fatal diseases where researchers are avidly
waiting for a new drug discovery to treat or cure illnesses for both humans and animals. Several nucleic
acids, especially the aptamers for PrP, have been shown to bind to PrPC or PrPSc and to interfere with
PrPSc biogenesis, providing a new class of promising molecules that could be used for the treatment of
prion diseases. Even if they bind monomeric PrPC to some extent, the benefit of preventing conversion
into PrPSc would surpass the drawback of lack of specificity. Some of the investigated nucleic acids
have shown therapeutic efficacy in infected mice models by tripling their survival time [67], but to
our knowledge none of them have proceeded to clinical studies so far. Alternative attempts based
on antibody therapy also have potential [114]; however, the stimulation of the autoimmune system
presents challenges to further developments in this area [114].

Unfortunately, there is no therapy to treat or prevent prion diseases. Most of the lead compounds
found in the drug screening for anti-scrapie activity lack efficacy (possibly due to prion strain
specificity), and have poor pharmacokinetic profiles, such as high toxicity and/or an inability to
efficiently cross the blood–brain barrier (BBB) [115]. In fact, the aptamer pharmacokinetic profile is
especially relevant for neurodegenerative disorders, pushing the development of strategies towards
crossing the BBB, as it is unlikely that they can easily enter the brain. Nevertheless, aptamers may
surpass this barrier via pinocytosis, transcytosis, channel, and/or receptors to their uptake [116].
Additionally, quadruplex-structured aptamers may cross the BBB through binding to nucleolin via
micropinocytosis [117]. Using a nicely executed in vivo selection protocol, Cheng and collaborators
selected aptamers that permeated the brain after peripheral injection of the library in wild-type
mice [118]. Fortunately, aptamers are molecules that can be easily modified to overcome their
clinical limitations: for example, nanoparticle-encapsulated aptamers were reported to cross the
BBB, and delivery of liposome-based aptamers was well tolerated in clinical trials [119]. We still
do not have the safety profile of these molecules, although they are expected to be non-toxic and
non-immunogenic [52].

In conclusion, NA aptamers can distinguish normal and abnormal conformations of PrP,
representing the first reagents able to identify PrP pathological conformations from multiple host
species. They can even differentiate prion strains and can be used to detect infectious prions
in blood samples, which cannot be accomplished using conventional diagnostic tools that rely
on antibody-based detection methods. The hard challenge of prion disease diagnosis before the
symptomatic stage is how to discriminate and detect the minute quantity of disease-associated prion
protein isoform (PrPRes) sensitively and selectivity in complex biological samples, from plasma to
brain homogenate. The development of a dual-aptamer strategy for diagnostic tools began with an
investigation of the advantages of aptamers, the great separation ability of magnetic microparticles
(MMPs), and the high fluorescence emission features of quantum dots (QDs) [120]. Two aptamers were
coupled to the surfaces of MMPs and QDs, respectively, which then could be co-associated through
the specific interaction of the two aptamers with their two corresponding different PrP epitopes,
forming an aptasensor platform [120]. Moreover, aptamers can enrich a target, for example, the PrP
molecule, from biological fluids; in this context, RNA aptamers have been successfully utilized for the
concentration of PrPC and PrPres taken from serum, urine, and brain homogenate [121]. There is also
an interesting proposal for PrPSc-enrichment, using PrPC-specific aptamers to capture normal prions
from biological samples, which could be used as a diagnostic tool in double ligand assay systems and
other aptasensors [65]. There is an urgent necessity to develop more sensitive and more efficient assays
to detect the pathological forms of PrP in pre-symptomatic screening of tissue, blood, or other body
fluids. Based on these promising studies, NA aptamers appear to be good candidates to reach this goal.
Although many aptamers have been identified against PrP, with great potential for use in diagnostic
tools, the community is still relying on antibody-based detection methods. Among the limiting factors
that make aptamers especially promising is the sensitivity of detection. Thus, many efforts are now
being made to build aptasensing platforms based on electrochemical or dual-signal systems to develop
highly sensitive prion assays [122,123]. This new class of molecules thus has great potential.
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Abstract: Nucleic acid aptamers have minimal immunogenicity, high chemical synthesis production,
low cost and high chemical stability when compared with antibodies. However, the susceptibility
to nuclease degradation, rapid excretion through renal filtration and insufficient binding affinity
hindered their development as drug candidates for therapeutic applications. In this review, we will
discuss methods to conquer these challenges and highlight recent developments of chemical
modifications and technological advances that may enable early aptamers to be translated into
clinical therapeutics.

Keywords: nucleic acid aptamer; nuclease degradation; rapid excretion; binding affinity;
chemical modification

1. Introduction

In 1990, several groups isolated the first nucleic acid aptamers by “SELEX” (Systematic Evolution
of Ligands by Exponential Enrichment) or “in vitro selection” (a demarcation resulting from whether
the technique was learned from Tuerk and Gold [1] or Ellington and Szostak [2], respectively). Through
3D conformational complementarities, aptamers bind to a wide range of targets, including small metal
ions and organic molecules, peptides, proteins, viruses, bacteria, whole cells and even targets within
live animals [3]. Being similar to the binding of antibodies and antigens, the binding between aptamer
and its target has comparable binding affinity and specificity, which makes aptamers a promising class
of therapeutic alternatives to antibodies [4].

In addition, nucleic acid aptamers have minimal immunogenicity, high chemical synthesis
production, low cost and high chemical stability, drawing extensive attention of researchers to the
development of aptamer therapeutics [5].

However, the susceptibility to nuclease degradation and rapid excretion through renal filtration
severely limit the practical usage of aptamers [6,7]. Many aptamers with potent activities have
unacceptable short half-lives in vivo [8,9]. Besides, the binding affinity and specificity of unmodified
nucleic acid aptamers are sometimes insufficient for successful implementation as therapeutic
agent [10]. The generation of high quality aptamers from conventional SELEX is generally below
30% [11]. Therefore, many attempts of post-SELEX chemical modifications should be done in order to
solve these challenges (Figure 1).
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Figure 1. The common strategies in the chemical modifications of nucleic acid aptamers and
their purposes. Among the modifications, such as modifications on the terminals of nucleic acids,
modifications on the phosphodiester linkage, modifications on the sugar ring and modifications on
the bases, the 3′ end capping with inverted thymidine [6,12] and PEGylation [13] have been the
common strategies in the chemical modifications of nucleic acid aptamers for development clinical
therapeutics [14–17].

In this review, the standard synthetic method of solid phase phosphoramidite chemistry for nucleic
acid aptamers preparation will be introduced firstly [18,19]. Then, the chemical modification strategies
of aptamers for resisting nuclease degradation [12,20–26], improving target binding affinities [10,27–31]
and resisting renal clearance [32–36] will be summarized, sequentially. Among the modifications,
such as modifications on the terminals of nucleic acids, modifications on the phosphodiester linkage,
modifications on the sugar ring and modifications on the bases, the 3′ end capping with inverted
thymidine [6,12] and PEGylation [13] have been the common strategies in the chemical modifications
of nucleic acid aptamers for development clinical therapeutics (e.g., pegaptanib [14–17], etc.).
More excitingly, aptamers with improved binding affinities are being generated with modifications on
the bases [29] or substitutions of two non-bridging phosphate oxygen atoms in nucleic acids by sulfur
replacement [10] (see “SOMAmers” and “PS2 walk” below).

2. Chemical Synthesis of Nucleic Acid Aptamers

2.1. Synthesis of DNA Aptamers

DNA aptamers can be synthesized through the classic solid phase phosphoramidite four-step
process on the automated DNA synthesizer [18].

The four-step method is shown in Figure 2. First, the 4,4′-Dimethoxytriphenylmethyl (DMT)
group is removed from the deoxynucleoside (5′-end) which is linked to the control pore glass (CPG)
columns. Large excess of acid solution (trichloroacetic acid (TCA)) could be used for the deprotection of
DMT. In the second step of the cycle, an internucleotide bond called phosphite trimester is synthesized.
Then, in the third step, the reaction product from Step 2 should be treated with capping agent to
cap the unreacted free 5′-OH group. In the last step (Step 4), the new phosphite is oxidized to the
corresponding phosphotriester by iodine. The cycle is repeated, once for each base, to produce
the required oligonucleotide. Finally, the nucleic acid aptamers could be cleaved from the CPG by
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concentrated ammonium hydroxide. The protecting groups for phosphates and heterocyclic bases
could be removed at the same time [18,37,38].

 
Figure 2. Four-step phosphoramidite oligodeoxynucleotide synthesis cycle (adapted from [18]).
The phosphoramidite method, pioneered by Marvin Caruthers in the early 1980s, and enhanced
by the application of solid-phase technology and automation, is now firmly established as the method
of choice. Phosphoramidite oligonucleotide synthesis proceeds in the 3′ to 5′ direction (opposite to
the 5′ to 3′ direction of DNA biosynthesis in DNA replication). One nucleotide is added per synthesis
cycle. The phosphoramidite DNA synthesis cycle consists of a series of steps outlined in the figure.

At present, the application of four-step method is very common. For the most part, progress in
the solid phase nucleic acid synthesis field has not changed this fundamental approach. For R&D
purposes, shortened aptamers with 20 to 50 nucleotides in length can be generated in individual labs
using “lab scale” DNA or RNA synthesizers [39] (e.g., Expedite 8909, ABI394).

2.2. Synthesis of RNA Aptamers

Several of synthetic strategies for the solid-phase synthesis of RNA had been reported [19,40–42].
Among the combinations of different coupling/activation chemistries and protecting groups for
the 2′-hydroxyl and exocyclic amine groups, the tert-butyldimethylsilyl protection of the ribose
2′-hydroxyl group combined with the standard protecting groups for the exocyclic amine groups
(benzoyl for adenosine, acetyl for cytidine, and isobutyryl for guanosine) were most widely
used [40,43]. Phosphoramidite monomers were usually activated with 4,5-dicyanoimidazole,
5-ethylthio-1H-tetrazole (ETT) or 5-benzylthio-1H-tetrazole (BTT) (Figure 3). The solid supports
for RNA synthesis were polymeric supports or CPGs with different linkers and pore sizes. The final
product could be cleaved from the CPG by concentrated ammonium hydroxide. The protection groups
can also be removed at the same time [19,40,44–46].
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Figure 3. Solid-phase RNA synthesis via the phosphoramidite method (adapted from [19]). In RNA
synthesis, the 2′-hydroxy group is protected with TBDMS (t-butyldimethylsilyl) group, which can be
removed by treatment with fluoride ion.

3. Modifications of Nucleic Acid Aptamers

3.1. Aptamer Derivatives for Resisting Nuclease Degradation

3.1.1. Terminal 3′–3′ and 5′–5′ Internucleotide Linkage

The 3′–3′ and 5′–5′ inversions were tested in 1991 by Seliger et al. [12]. The 3′-end capping with
inverted thymidine has also been a common strategy among aptamers for diseases therapy in ongoing
or completed clinical trials [15,47]. Research suggested that 3′-inverted dT modification could increase
the stability and resistance of aptamers to 3′-exonuclease in human serum. Synthesis of 3′-inverted
dT modified aptamers (Figure 4) needed modified CPG with the 5′-hydroxyl of the first nucleoside
attached, followed by chain elongation in standard 3′→5′ fashion [12,20,21].

Figure 4. Solid-phase synthesis of 3′-inverted dT modified aptamers. Synthesis of 3′-inverted dT
modified aptamers needs modified CPG with the 5′-hydroxyl of the first nucleoside attached, followed
by chain elongation in standard 3′→5′ fashion.
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3.1.2. 3′-Biotin Conjugates

In some ways, 3′-biotin (Figure 5) could resist the activity of 3′-exonuclease, which was similar to
3′-inverted dT modification. Dougan et al. [36] investigated the 3′-biotin-streptavidin conjugates of the
thrombin aptamer to find that the 3′-biotin rendered resistance to the 3′-exonuclease in the blood of
mouse or rabbits. In addition, the 3′-biotin-streptavidin conjugates slowed down the clearance rate
of aptamers in blood circulation system in vivo [36]. A similar 3′-biotin approach was also used to
protect the DNA aptamer targeting the SARS coronavirus helicase for up to 31 and 16 h in 5% and 10%
fetal bovine serum, whereas the original aptamer can only sustain half of that time [20].

Figure 5. Structure of the 3′-biotin conjugate. 3′-Biotin could inhibit the activity of 3′-exonuclease,
which was similar to 3′-inverted dT modification. In addition, the 3′-biotin conjugates slowed down
the clearance rate in blood circulation system in vivo.

3.1.3. Modifications on the Sugar Ring

2′-Substitutions

Modifications to the sugars such as 2′-fluoro (2′-F) or 2′-amino (2′-NH2) ribose groups (Figure 6)
on the pyrimidine residues have been available for incorporation into enzymatically derived nucleic
acids for some years. Although both are effective at improving serum half-life, 2′-F modifications
quickly garnered favor over 2′-NH2 due to the increased coupling efficiency during solid-phase
synthesis, and elimination of extra deprotection steps during 2′-NH2 purification. The more bulky
2′-O-methyl (2′-OMe) modifications have been previously used as a post-selection modification due to
their increased nuclease resistance and high duplex melting temperature which could be seen in the
clinical examples [48,49].

Figure 6. 2′-substitutions utilized to enhance the stability of aptamers in vivo (adapted from [39]).
2′-Substitutions can easily be incorporated into aptamers during chemical synthesis and include:
(i) 2′-H; (ii) 2′-OH; (iii) 2′-NH2; (iv) 2′-F; and (v) 2′-OMe.

LNA, UNA, 2′-F ANA

Locked nucleic acid (LNA) (Figure 7) is an analog of ribonucleotide with a methylene linkage
between 2′-O and 4′-C of the sugar ring. This modification showed great resistance to nucleases and
increased thermostability thus could be used to generate the most stable pairs [50,51]. Darfeuille et al.
also found that the LNA/DNA chimera LNA5, a stable complex that against HIV-1 trans-activating
response (TAR) RNA, was able to maintain the intact structure within 20 h in bovine serum [52].
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Shi et al. developed a new LNA/DNA chimeric aptamer probe through proper LNA incorporation
and 3′-3′-thymidine (3′-3′-T) capping. The serum stability of original aptamer was gradually enhanced
while its specificity and affinity were perfectly maintained. Especially TD05.6 aptamer which had
a 7-base pair-LNA substitution exhibited a ten-fold elevated stability in serum and a much slower
clearance rate in mice [53].

Unlike LNA, a structurally rigid modification that increases the thermostability of
a modified-oligonucleotide thus protects it from nucleases degradation in cells, unlocked nucleic acid
(UNA) (Figure 7) in which a bond between C2′ and C3′ of the sugar ring was absent makes aptamers
more flexible [54]. Due to its nature of flexibility, UNA could alleviate strain in tight loop structures.
Pasternak et al. found that UNA modifications on the loop regions of a 15-mer thrombin targeted DNA
aptamer increased its thermodynamic stability. However, modifications within the G-quartet structures
were unfavorable for quadruplex formation [55]. They also demonstrated that UNA could be placed
in many positions without affecting the thrombin-binding affinity and anticoagulant efficiency of the
aptamer [55].

It has been found that modifications at the 2′-position of the sugar ring would bring about
different effects on thermostability based on the molecularity of G-quadruplex. Peng et al. discovered
that, in both anti-HIV phosphorothioate aptamer and thrombin-binding aptamer, substitution of
guanines (G) that adopted anti-conformation with 2′-F-G could maintain the quadruplex conformation,
while substituting guanines with syn-conformation was not favored [25]. More importantly,
two 2′-F-modified thrombin-binding aptamers (PG13 and PG14) showed approximately four-fold
increased binding affinity to thrombin and up to seven-fold higher nuclease resistance. As a result,
the 2′-deoxy-2′-fluoro-D-arabinonucleic acid (2′-F ANA) (Figure 7) modification was very suitable for
improving the biological and physicochemical properties of DNA G-quartets [25].

 
Figure 7. Structures of Locked nucleic acid (LNA), unlocked nucleic acid (UNA) and
2′-deoxy-2′-fluoro-D-arabinonucleic acid (2′-F ANA). LNA is an analog of ribonucleotide with
a methylene linkage between 2′-O and 4′-C of the sugar ring. UNA misses a bond between C2′

and C3′ of the sugar ring. 2′-F ANA adopts anti-conformation with 2′-F-G.

3.1.4. Modifications on the Phosphodiester Linkage

Methylphosphonate or Phosphorothioate

Replaced phosphodiester linkage of DNA with methylphosphonate or phosphorothioate analog
is commonly used for aptamer modification. Thermodynamic studies revealed that loss of the negative
charge of the phosphate backbone, as the methylphosphonate analog (Figure 8), destabilized the
G-quadruplex structure [56]. The ionic radii of the oligonucleotide backbone atoms also have an impact
in the stabilization of G-quadruplex structures. Sacca et al. found that substitution of the phosphate
backbone atom O with S (phosphorothioate analog, Figure 8) might influence the thermal stability of
the G-quadruplex structure in a molecularity-dependent manner [56].

The thermodynamic stability of the phosphodiester linkage of the thrombin-binding aptamer
d(GGTTGGTGTGGTTGG) with thiophosphoryl substitutions at different internucleotide sites were
studied [23,24]. Complete substitution by thiophosphorylated oligonucleotides was limited as their
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high toxicities, so partial substitutions with the maximum thermal stability were selected for evaluating
their stabilities under conditions of nuclease RQ1 DNAse hydrolysis and their antithrombin activities
in blood plasma [24]. Aptamer d(GGSTSTSGGTGTGGSTSTSGG) with thio-substitutions in both TT
loops exhibited similar antithrombin efficiency to the unmodified aptamer but better resistance to the
degradation of DNA nuclease in blood serum [23].

Figure 8. Structures of methylphosphonate and phosphorothioate.

More recently, phosphorodiothioate linkages (PS2) were employed to stabilize phosphate
backbone. The substitution of both non-bridging oxygen atoms with sulfur could give rise to
a phosphorodithioate linkage, which, similar to natural DNA, is achiral at phosphorus. In addition,
it was reported that PS2 substitutions dramatically improved target binding affinity by ~1000-fold
(see PS2 walk below) [10].

Replaced by Triazole

Replacement of the oligonucleotide phosphodiester linkage with triazole linkages has shown great
promise [57–60]. These triazole analogs can be obtained through automated phosphoramidite synthesis
with modified dinucleoside blocks [61] or the click reaction between azide- and alkyne-bearing
nucleosides [62,63]. Figure 9 shows three types of promising triazole internucleotide modifications [64].

 
Figure 9. Fragments of oligonucleotide analogs with different types of triazole internucleotide
modifications (adapted from [64]). A, B, C represent three different types of triazole
internucleotide modifications.

Varizhuk et al. synthesized several new oligonucleotide analogs with triazole internucleotide
linkages through the click reaction as shown in Figure 10. These analogs bore DNA hybridization
affinities similar to those of original oligonucleotides and increased resistance to nuclease cleavage [64].
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Figure 10. Synthesis of the triazole internucleoside linked oligonucleotide analogs with increased
resistance to DNAses and polymerases (adapted from [64]).

Later in 2013, Varizhuk et al. synthesized a series of triazole-modified DNA aptamers
with structure similar to thrombin-inhibiting G-quadruplexes TBA15 (Thrombin-Binding Aptamer)
and TBA31, then tested their secondary structure stabilities, binding affinities for thrombin and
anticoagulant effects [65]. A modification in the central loop of the aptamer quadruplex resulted
in an anticoagulant activity similar to that of TBA15. Although the modification failed to enhance
thrombin binding affinity, it protected aptamers from nuclease hydrolysis thus increased their stabilities.
The novel aptamers were potent thrombin inhibitors and could be an alternative to the known
anticoagulant drugs [59].

3.1.5. The Mirror Image L-DNA

Natural DNAs are all in D-form. A chiral transition could result in the mirror image L-DNA
(Figure 11) that may display high resistance to the degradation of nucleases and retain the affinity to
targets. Based on the sequences of D-form aptamers, the L-enantiomeric oligonucleotide aptamers
(also called as Spiegelmers) were then chemically synthesized [66]. Based on the domain approach,
Purschke et al. found a 65-mer Spiegelmer that bound to a stable 25-amino acids length domain
of bacterial staphylococcal enterotoxin B [64]. The L-DNA Spiegelmer showed comparable binding
affinity to the L-peptide domain and slightly reduced affinity to the whole bacterial staphylococcal
enterotoxin B protein.

Through an in vitro-selection process, which was started from a random pool of oligonucleotides,
a 67-mer Spiegelmer with a dissociation constant (Kd) of 20 nM for gonadotropin-releasing hormone
(GnRH) was reported by Wlotzka et al. [67]. This Spiegelmer was an effective antagonist to
GnRH in Chinese hamster and castrated rat models. Besides, the PEGylated Spiegelmer showed
more pronounced inhibition activity and longer plasma half-life [67]. Towards the same target,
other Spiegelmers with high specificity and affinity were identified through the usage of Spiegelmer
technology by Leva et al. [68]. Firstly, aptamers that bind to D-GnRH with Kd of 50–100 nM were
isolated, and then their enantiomers were synthesized. The resulting Spiegelmers had similar affinities
to that of D-aptamers [68]. Many clinical evaluated aptamers such as NOX-A12, NOX-H94 and
NOX-E36 are all L-aptamers [69,70].

A number of different strategies and chemical modifications are now available to enhance the stability
of aptamers to nuclease (Table 1). Among these modifications, 2′-fluoro or 2′-O-methyl-substitutions and
3′ end capping with inverted thymidine have been the common strategies in the chemical modifications
of nucleic acid aptamers for resisting nuclease degradation.
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Figure 11. Structures of L-deoxyoligonucleotide (L-DNA). Mirror image aptamers are composed of
non-natural L-ribose nucleotides. The molecules are initially selected from natural D-ribose aptamer
libraries against a non-natural target, for example a D-peptide. Once optimized as a D-aptamer, the
mirror image L-aptamer (Spiegelmer) is synthesized chemically and intrinsically bound to the natural
L-target, such as a naturally occurring protein.

Table 1. Chemical modifications of nucleic acid aptamers for resisting nuclease degradation.

Modification Sites Strategy Applications

ends of nucleic acid chain terminal 3′–3′or 5′–5′internucleotide linkage1, 3′-biotin
conjugates;

[12,15,36,47]

sugar ring of nucleoside
2′-fluoro, 2′-O-methyl and 2′-amino-substitutions 1, locked

nucleic acid (LNA), unlocked nucleic acid (UNA) and
2′-deoxy-2′-fluoro-D-arabinonucleic acid (2′-F ANA);

[25,48,49,52–55]

phosphodiester linkage methylphosphonate or phosphorothioate,
replaced by triazole; [23,24,56–59]

mirror image L-enantiomeric oligonucleotide aptamers (Spiegelmers) [66–70]
1 2′-fluoro or 2′-O-methyl-substitutions and 3′ end capping with inverted thymidine have been the common
strategies in the chemical modifications of nucleic acid aptamers for resisting nuclease degradation.

3.2. Aptamer Derivatives for Resisting Renal Clearance

3.2.1. 5′-End with Cholesterol

Even with stabilizing backbone modification, small aptamers are subjected to rapid excretion
through renal clearance mainly through glomerular filtration. Formulation with bulky moiety enlarges
the size of aptamers, overcoming the renal filtration and extending circulation time, evidently [32,33].

Cholesterol can be derivatized to the 5′-end of an aptamer to form a cholesterol-oligonucleotide
(cholODN) conjugate. Smidt et al. added cholesterol at the 5′-end of a 16-mer oligonucleotide (ODN)
through a phosphate spacer (Figure 12), the half-time of the resulting cholODN (9–11 min) in plasma
was considerably longer than the unmodified ODN (<1 min) [71]. The resulting cholODN can be
further linked with low-density lipoprotein (LDL) to form cholODN-LDL complex that turned out
to be stable against degradation by rat serum nucleases. The cholODN had a roughly 10-fold longer
plasma half-life than the unmodified ODN [71].

Lee and coworkers modified a 29 nucleotide-long 2′-F pyrimidine modified RNA aptamer with
cholesterol to form a cholesterol-conjugated aptamer (chol-aptamer) (Figure 12) which can be efficiently
absorbed into the cell and inhibits Hepatitis C virus RNA replication [71]. The chol-aptamer had
no toxicity in vitro or in vivo. It did not induce any notable alteration in the gene expression profile,
including innate immune-related genes. Moreover, administration of the chol-aptamer was well

31



Int. J. Mol. Sci. 2017, 18, 1683

tolerated in mice without any abnormalities observed. Noticeably, cholesterol conjugation showed
longer half-life with approximately nine times lower of clearance rate in plasma. In other words,
it extended the duration time that the aptamer stayed in plasma, thus enhanced the stability when the
aptamer was exposed to body [32].

 
Figure 12. Structures of cholesterol-oligonucleotide conjugates (adapted from [71]). Cholesterol can be
derivatized to the 5′-end of an aptamer to form a cholesterol-oligonucleotide (cholODN) conjugate.
The half-time of the resulting cholODN in plasma was considerably longer than the control ODN.

3.2.2. 5′-End with Dialkyl Lipids

Willis et al. reported the preparation and functional properties of a nuclease-resistant vascular
endothelial growth factor (VEGF) aptamer which was attached to liposome bilayers through a lipid
group. The resulting liposome-anchored aptamer maintained the high binding affinity to VEGF.
Moreover, the residence time in plasma was considerably improved when compared with that of the
original aptamer [72]. They used the solid phase phosphoramidite method to prepare a dialkylglycerol
(DAG) modified VEGF aptamer in which two 18-carbon saturated unbranched hydrocarbon chains
were attached via a tetraethylene glycol linker. The DAG phosphoramidite was synthesized in
seven steps and then introduced to the 5′-end of the VEGF aptamer (Figure 13) [73]. Afterwards,
the DAG-modified VEGF aptamer was incorporated into the bilayers of liposomes, which resulted
in aptamers with improved inhibitory activity toward VEGF-induced endothelial cell proliferation
in vitro and increased vascular permeability in vivo [73].

Figure 13. Synthesis of the dialkylglycerol (DAG) modified VEGF aptamer (adapted from [72]).
Liposome-anchored aptamer maintained the high binding affinity to VEGF. Moreover, the plasma
residence time was considerably improved when compared with that of the original aptamer.
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3.2.3. 5′-End PEGylation

In 2011, Hoffmann et al. described the PEGylation of amino-modified NOX-E36 oligonucleotide by
using N-hydroxysuccinimide (NHS)-ester-activated polyethylene glycol (PEG), which was most widely
used, especially for manufacturing large quantities of PEGylated oligonucleotides. Following synthesis
and two-step deprotection, the resulting intermediate amino-modified oligonucleotide reacted with
NHS-ester-activated PEG to form oligonucleotide-PEG conjugate (Figure 14). Other coupling
methods such as activation by p-nitrophenyl carbonate or thiol-maleimide coupling could also be
used [74]. The choice of coupling strategies should be made under consideration of the following
factors: (1) compatibility with the oligonucleotide; (2) accessibility of the modified oligonucleotide;
and (3) reactivity of the activated PEG, which should only react at the functionalization site of
the oligonucleotide.

MP7 is one of the DNA aptamers that bind specifically to the murine extracellular domain of PD-1
(Programmed death protein 1) and block the PD-1:PD-L1 (Programmed death-ligand 1) interaction.
However, the unmodified DNA aptamer exhibited very short in vivo half-time (<1 h) owing to the
rapid renal filtration of such small molecule [75]. It has been reported that conjugation of aptamers with
high molecular weight PEG could limit the rate of filtration and extended half-life up to 24–48 h [32,75].
Thus, MP7 was modified at its 5′-termini with a 40 kDa PEG (Figure 15). The PEGylated form of MP7
retained the ability to block PD-1 binding to PD-L1, and significantly suppressed the growth of PD-L1
positive colon carcinoma in vivo [76,77] (Table 2).
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Figure 14. Addition of the aminolinker to 5′-end of the oligonucleotide and PEGylation of
amino-modified oligonucleotide with 40 kDa Y-shaped PEG (n = ~450) (adapted from [74]).
Amino-modified oligonucleotide could be reacted with NHS-ester-activated PEG to form
oligonucleotide-PEG conjugate. Conjugation of aptamers with high molecular weight PEG could
limit the rate of filtration and extended half-life up to 24–48 h.
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Figure 15. Reaction scheme of aptamer conjugating to a 40 kDa polyethylene glycol (PEG) at the
5′-termini (adapted from [76]).

Table 2. Aptamer derivatives for resisting renal clearance.

Modification Sites Strategy Applications

ends of nucleic acid chain
5′-end with cholesterol;

5′-end with dialkyl lipids;
5′-end PEGylation 1

[32,33,71–77]

1 Terminal PEGylation has been the common strategy in the chemical modifications of nucleic acid aptamers for
resisting renal clearance.

3.3. Aptamer Derivatives for Improving Binding Affinity and Target Selectivity

3.3.1. Modifications on the Bases; SOMAmers

Aptamers with improved binding affinities are being generated with modifications on the base.
AS1411 aptamer is a 26-mer single strand DNA 5-d(GGTGGTGGTGGTTGTGGTGGTGGTGG)-3′

which binds to the nucleolin protein expressed on the surfaces of cancer cells [78–80]. Recent research
has shown that 5-BzdU (5-(N-benzylcarboxyamide)-2-deoxyuridine) modification (Figure 16) of the
AS1411 aptamer might selectively increase its targeting affinity to cancer cells while the normal healthy
cells have no significant influence [26].

 

Figure 16. Structure of 5-BzdU (5-(N-benzylcarboxyamide)-2′-deoxyuridine).

The benzyl could be replaced by the other functional groups such as naphtyl, triptamino, isobutyl
and so on (Figure 17). These additional groups might increase the affinities of aptamers to their
targets [81–84] (Table 3).

Figure 17. Structures of naphtyl, triptamino and isobutyl.
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Table 3. Aptamer derivatives for improving binding affinity and specificity.

Modification Sites Strategy Applications

base of nucleoside
5-(N-benzylcarboxyamide)-2′-deoxyuridine

modification 1, Slow Off-rate Modified
Aptamers (SOMAmers)

[78–84]

phosphodiester linkage phosphorodithioate (PS2) substitution [10,85,86]
1 The benzyl could be replaced by the other functional groups such as naphtyl, triptamino, isobutyl and so on.

The base modifications have also made significant advancements to give aptamers protein-like
functionality [11,87]. The SOMAmers (Slow Off-rate Modified Aptamers) not only display improved
binding affinities and binding kinetics (in particular, slow off-rates) when compared to traditional
aptamers, but also the inclusion of these modifications in their libraries significantly increased the
selection “hit rate” [88]. The power of this kind of base modifications has been further demonstrated
through the discovery of a 32 nucleotide SOMAmer, SL1025, which binds IL-6 with 200 pmol/L
binding affinity and exhibits very little nuclease degradation over a 48-hour incubation in human
serum [47,89].

3.3.2. Crystal Structure Based Modifications

Nucleic acid aptamers are much smaller than antibodies. In recent years, there are many studies
on the crystallization and X-ray diffraction analysis of aptamers or the complex of aptamers and
enzyme [90–93]. It is an effective method to develop modified aptamers with higher affinity and
selectivity according to the crystal structures. Autotaxin (ATX) is a plasma lysophospholipase D
which can hydrolyze lysophosphatidylcholine (LPC) and generate lysophosphatidic acid (LPA) [94,95].
DNA aptamer RB011 is an inhibitor against ATX. Nureki and coworkers had investigated the crystal
structure of ATX in complex with RB011 [96]. The results showed that RB011 inhibited the activity of
ATX by preventing its binding to LPC substrates. The hydrophobic pocket of ATX could be occupied
by some inhibitors such as HA155 or 3BoA [97,98], but RB011 did not occlude the hydrophobic pocket.
Thus, the researchers introduced some hydrophobic groups such as p-methyl and p-isopropyl into the
backbone phosphate of RB011, resulting in RB012 and RB013, respectively. The activities of both RB012
and RB013 (IC50 values for LPC were 1.8 and 0.85 nM, respectively) were more potent than that of
RB011 (4.4 nM) [96]. These results suggested that modifications aimed to occlude the hydrophobic
pocket could significantly increase inhibitory activity. This is a successful modification based on the
crystal structural information.

3.3.3. NMR Spectroscopy Guided Aptamer Optimization

Nucleic acid aptamers are widely used for biotechnological or biomedical purpose.
High resolution structure information of aptamer–ligand complexes could help reveal the fundamental
aspects of nucleic acid folding and nucleic acid-small molecule interactions. Structure information of
aptamers and aptamer–ligand complexes constitute the starting point for rational function directed
chemical modifications. Duchardt-Ferner E et al. reported the NMR resonance assignment of
an RNA aptamer binding to the fluorescent ligand tetramethylrhodamine (TMR) in complex with
the ligand 5-carboxy-tetramethylrhodamine (5-TAMRA) as a starting point for a high-resolution
structure determination using NMR spectroscopy in solution [99]. This and other reports indicated
that NMR guided aptamer optimization could be an optional strategy for aptamer improving binding
affinity [100–102].

3.3.4. PS2 Walk

The binding affinity and specificity of unmodified nucleic acid aptamers are sometimes insufficient
for successful implementation as therapeutic agents, compared with monoclonal antibody. Post-SELEX
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optimization of one Bn-dU and one Nap-dU SOMAmer led to improvements in IL-6 binding (10-fold)
and inhibition activity (greater than 20-fold), resulting in lead SOMAmers with sub-nanomolar affinity
(Kd = 0.2 nM) and potency (IC50 = 0.2 nM) [92]. The PS2 (phosphorodithioate) walk strategy is another
option [85,86] (Figure 18). It was reported that the application of the PS2 substitution on a single
nucleotide of nucleic acid aptamers could significantly improve target binding affinity by ~1000-fold
(from nanomolar to picomolar). An X-ray co-crystal structure of the α-thrombin-PS2-aptamer complex
revealed a localized induced-fit folding of the PS2-containing aptamer which leads to increased target
interaction [10].

 

Figure 18. Schematic of the PS2-walk library of sequence variants each containing a single PS2
modification. Modification hot spots along the phosphate backbone of the aptamer could be identified
by phosphorodithioate (PS2) substitution on a single nucleotide of nucleic acid sequences.

It is worth noting that the effect of PSO substitution (see Section 3.1.4. above) cannot be predicted
since the PSO backbone modification is chiral and the chemical synthesis of PSO using phosphoramidite
methodology typically results in a mixture of diastereoisomers with a fairly limited influence on the
affinity improvement. The promising PS2 derivatives are achiral, representing a class of closely related
mimics of natural nucleic acids.

4. Conclusions

In this review, we introduced the general solid phase synthesis method of nucleic acid aptamers.
In addition, a number of chemical modifications of both DNA and RNA aptamers are summarized
here. Among all the modifications shown in the Figure 19, 5′-end PEGylation (for resisting renal
clearance) and 3′-end capping strategy (for resisting nuclease degradation) with inverted thymidine
are the most commonly used strategy in recent studies. These two methods have been used in the
aptamers for disease therapy in ongoing or completed clinical trials [15,47].

36



Int. J. Mol. Sci. 2017, 18, 1683

Figure 19. Summary of the chemical modifications of nucleic acid aptamers.

The nucleobase and phosphodiester linkage modifications (for improving target binding
affinity) can also optimize the properties of aptamers. Excitingly, the established technologies
provide an opportunity to generate nucleic acid aptamers of substantially improved affinity with
a SOMAmer strategy or a single PS2-moiety substitution and without negatively affecting specificity.
These technologies also provide crucial insights that could significantly accelerate the development of
nucleic acid aptamer-based therapeutics for clinical applications. With the development of post-SELEX
modifications of nucleic acid aptamers, the inherent physicochemical characteristics (metabolic
instability, insufficient binding affinity and rapid renal filtration) of nucleic acid aptamers have
been improved constantly, which provide a strong impetus of developing nucleic acid aptamers
for therapeutic purposes (Table 4).

Table 4. Chemical modifications of nucleic acid aptamers for different purposes.

Strategy Nuclease Resistance
Improving Binding
Affinity and Target

Selectivity

Resistance to Renal
Clearance

3′-3′inversion/ 3′-T capping [12,20,21]
5′-5′inversion [12]

3′-biotin conjugates [20,36]
2′-fluoro, 2′-O-methyl and 2′-amino-substitutions1 [39,48,49]

locked nucleic acid (LNA) [52,53]
unlocked nucleic acid (UNA) [54,55]

2′-deoxy-2′-fluoro-D-arabinonucleic acid (2′-F ANA) [25]
methylphosphonate [56]

phosphorothioate [23,24]
replaced by triazole [57–60]

L-enantiomeric oligonucleotide aptamers (Spiegelmers) [66–70]
5′-end with cholesterol [32,33,71]

5′-end with dialkyl lipids [72,73]
5′-end PEGylation [32,74–77]

5-(N-benzylcarboxyamide)-2-deoxyuridine
modification1, Slow Off-rate Modified Aptamers

(SOMAmers)
[78–84]

phosphorodithioate (PS2) substitution [10,85,86]
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Abstract: DNA is damaged on a daily basis, which can lead to heritable mutations and the
activation of proto-oncogenes. Therefore, DNA damage and repair are critical risk factors in
cancer, aging and disease, and are the underlying bases of most frontline cancer therapies.
Much of our current understanding of the mechanisms that maintain DNA integrity has been
obtained using antibody-based assays. The oligonucleotide equivalents of antibodies, known as
aptamers, have emerged as potential molecular recognition rivals. Aptamers possess several
ideal properties including chemical stability, in vitro selection and lack of batch-to-batch variability.
These properties have motivated the incorporation of aptamers into a wide variety of analytical,
diagnostic, research and therapeutic applications. However, their use in DNA repair studies and
DNA damage therapies is surprisingly un-tapped. This review presents an overview of the progress
in selecting and applying aptamers for DNA damage and repair research.

Keywords: aptamer; DNA damage; DNA repair; in vitro selection; SELEX; mutation; therapeutics

1. Introduction

While DNA was originally considered an extremely stable molecule, Tomas Lindahl determined
that the nucleobases of DNA react slowly with water. This insight led him to discover the
molecular machinery by which cells repair damaged DNA and won him, along with Aziz Sancar
and Paul Modrich, the Nobel Prize in Chemistry in 2015 [1–3]. Indeed, our DNA is damaged on
a daily basis by radiation, ultraviolet light and contaminants in our food and in our environment.
DNA damage can lead to heritable mutations and the activation of proto-oncogenes. DNA damage is
therefore a critical risk factor in cancer, aging and heritable diseases [4], and is the underlying basis for
most frontline cancer therapies [5,6] (Figure 1).

Figure 1. Our DNA is damaged by normal cell processes, contaminants in our food and environment,
radiation and ultraviolet light. Damage may include strand-breaks, crosslinks (yellow line in DNA),
or adducts (black and red stars). If not repaired, DNA damage can lead to cell death or heritable
mutations and cancer.
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Cells have a number of strategies to detect (e.g., damage checkpoints) and deal with (i.e.,
repair pathways) damage to DNA. If such detection and repair mechanisms are impaired, cells may
experience genomic instability, apoptosis or senescence, and furthermore, predispose organisms to
immunodeficiency, neurological disorders and cancer. Antibodies have been widely used as the
molecular recognition platform of choice for the detection of DNA adducts and repair signaling and
activation [7,8]. Over the past several decades, their use in DNA damage and repair research has
facilitated the discovery of and insight into the mechanisms by which cells respond to DNA damage
and initiate repair.

More recently, the nucleic acid analogues to antibodies, known as aptamers, have emerged.
Since their discovery, aptamers have been compared to antibodies due to their similar ability
to bind to specific targets. However, aptamers offer several broad advantages over antibodies
as molecular recognition molecules (reviewed elsewhere [9,10]). Antibodies must be developed
in vivo, whereas aptamers are composed of oligonucleotides which can be selected in vitro (using a
process termed the systematic evolution of ligands by exponential enrichment, SELEX). As a result,
aptamers can be selected against DNA-damaging toxins or the resulting lethal DNA adducts that are
challenging for antibody generation. Furthermore, the nucleic acid composition affords aptamers with
the ability to reversibly change conformation, making it possible to develop aptamers in conditions
with varying pH, temperatures and ionic strengths that would cause antibodies to be irreversibly
denatured. Finally, aptamers can be chemically modified during their synthesis to increase shelf life
and nuclease resistance, as well as impart different chemical functionality (e.g., fluorescence and
electrochemical properties) [11].

The unique combination of aptamer qualities listed above has led to a surge in the application of
aptamers for analytical and diagnostic detection, therapeutics and drug delivery, intracellular imaging,
and for gene regulation and control. With this increased interest in aptamers, coupled to a growing
concern of the quality of commercial research antibodies [12], it is surprising that the application of
aptamers to the study and detection of DNA damage and repair processes is limited. This review
covers the aptamers that have been selected for DNA damage and repair proteins to-date and discusses
the challenges in their selection and potential applications.

2. Aptamers for Damaged DNA

Damage to DNA includes oxidation, depurination or depyrimidation, single-strand or
double-strand DNA breaks, deamination or alkylation. In this section, aptamers that can be potentially
used to detect these types of DNA damage are highlighted.

2.1. Guanine Oxidation

The most abundant oxidatively-damaged base is 8-oxoguanine (8-oxoG.) When occurring in the
genome, mismatched pairing of 8-oxoG with adenine results in G to T transversion mutations [13]. G to
T mutations are often observed in oxidative stress-associated diseases, such as cancer, atherosclerosis,
diabetes and pathologies of the central nervous system, as well as during aging. Therefore, it is not
surprising that this damaged-nucleobase has been the focus of recent detection strategies [14], and the
target of many aptamer-related selections. 8-oxoG can be further oxidized, leading to the formation
of a variety of products, including the spiroiminodihydantoin (Sp) lesion. Unlike the 8-oxoG lesion,
the Sp lesion is not planar. Instead, it is shaped like a propeller. Given this unusual shape, both Sp
lesions strongly destabilize the DNA duplex [15] (Figure 2).

The first example of an aptamer that recognized DNA damage was reported in 1998 by Rink et al.
Following ten rounds of conventional SELEX using an 8-oxodG affinity matrix, a specific RNA
aptamer (Clone R10-B35) that exhibited highly specific binding to 8-oxodG compared to dG and
other nucleosides was selected [16]. Using the electrophoretic mobility-shift assay (EMSA), the authors
demonstrated that the aptamer bound to a single-strand DNA sequence containing a 3′ terminal
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8-oxodG with an apparent dissociation constant (Kd) of 270 nM. Surprisingly, the RNA aptamer also
recognized 8-oxodG present in the center of a 19 nt ssDNA with an apparent Kd of 2.8 μM.

Almost ten years later, in 2009, the first DNA aptamer that recognized the oxidative lesion 8-oxodG
was reported. To select these aptamers, Miyachi and co-workers used guanosine-monophosphate as an
analog of 8-oxodG (due to the difficulty in immobilizing sufficiently high concentrations of 8-oxodG).
The highest affinity aptamer that emerged from their selection was capable of binding to the free
nucleoside with a Kd of 0.1 μM [17].

In 2012, an aptamer for 8-oxoG (the free base) was rationally designed. To achieve this, the thermal
stability of nine 8-oxodG-containing hairpin DNA triplexes were compared. Next, the 8-oxoG moiety
was removed from the two most stable triplexes. As a result, the abasic site allowed for the free oxidized
base to bind in a specific manner [18]; thus creating a “rationally designed aptamer”. The same group
also tested several aliphatic side chain modifications at the abasic site to improve binding specificity.
Introduction of a β-alanine side chain allowed selective binding of the 8-oxoG nucleobase with a
dissociation constant of 5.5 μM [19].

Finally, in 2015, the Burrows group employed the recently described “structure-switching”
SELEX [20] to isolate DNA aptamers for several products of guanine oxidation, including 8-oxodG
and its nucleobase (8-oxo-G), the dSp nucleoside diastereomers: (−),-(R)-dSp and (+),-(S)-dSp and one
of the Sp nucleobase enantiomers: (−),-(R)-Sp. The DNA aptamers resulting from this work bound to
their respective targets with Kd values in the low nanomolar range, with the exception of the aptamer
for 8-oxo-dG, which bound in the micromolar range (Table 1) [21].

Figure 2. When guanine is oxidized, forming 8-oxoguanine (8-oxo-G), the resulting preferential
basepairing to A ultimately leads to a G to T tranversion mutation. Further oxidation results in the
spiroiminodihydantoin (Sp) adduct diastereomers, for example, which are highly destabilizing to the
DNA duplex.

Table 1. Aptamers for DNA damage and repair targets.

Target Class Target Nucleic Acid Kd
1 Reference

DNA
Adducts

8-oxodG RNA 270 nM [16]
8-oxodG DNA 100 nM [17]
8-oxoG DNA 2 5.5 μM [19]
8-oxoG DNA 3 nM [21]

8-oxodG DNA 25 μM [21]
(−),-(R)-dSp DNA 28 nM [21]
(+),-(S)-dS DNA 76 nM [21]
(−),-(R)-Sp DNA 12 nM [21]

m7-GTP RNA 500 nM [22]
benzylguanine RNA 200 nM [23]

Strand
Breaks

homopurine/pyrimidine duplex RNA 1 μM [24]
20 bp duplex DNA 3 43.9 nM [25]

3′LTR RNA 300 nM [26]
Ku protein RNA 2 nM [27]
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Table 1. Cont.

Target Class Target Nucleic Acid Kd
1 Reference

Repair
Proteins

Fpg (DNA glycosylase) RNA 2.5 nM [28]
Polβ/polκ RNA 290 nM [29]

MutS DNA 3.6 nM [30]
AlkB DNA 20 nM [31]

AlkB homologue 2 DNA 85 nM [32]

Mutated Gene KRASV12 RNA 4.04 nM [33]
1 Only aptamers with Kd values are reported; for each, the best Kd is included. 2 With a β-alanine side chain.
3 Presence of benzoindoloquinolin required.

2.2. Guanine Alkylation

Adduct formation is the result of covalent binding between reactive electrophilic substances and
nucleophilic sites (ring nitrogens and exocyclic oxygen atoms) of DNA bases. The N7 atom of guanine
is the most vulnerable site for attack by alkylating agents [34]. Other common sites of DNA alkylation
include the N3 and N1 positions of adenine, as well as the N3 position of cytosine. Furthermore,
even though O-alkyl lesions are generated to a much lesser extent than N-alkyl adducts, the induction
of O6-alkyl-G lesions is of significant interest because O6-alkyl-G can readily mispair with thymine
during DNA replication to cause mutagenic and cytotoxic biological effects.

While there are no reports of aptamers that directly bind to the adduct N7-methylguanine
(m7dG), there are a few potential examples that might be explored in the future. As one
example, Haller et al. reported the selection of RNA aptamers that bind to the methylated ribose,
7-methyl-guanosine (m7G) which is typically part of the 5′ cap at the ends of mRNA transcripts in
eukaryotes. The authors performed conventional SELEX with the goal of isolating aptamers capable
of inhibiting translation of capped mRNA transcripts. The resulting aptamers bound to m7G with
modest affinity (0.5 μM) and high specificity, discriminating between non-methylated nucleotides by
over 2000 fold. Interestingly, the presence of phosphate groups, or the identity of the purine group
(e.g., adenine vs. guanine) had little effect on binding [22]. Therefore, it is possible that these aptamers
may recognize the m7dG adduct.

As another example, Larguinho and co-workers used an RNA aptamer that binds to xanthine [35]
to develop nanoprobes that preferentially detected glycidamide (GA) adducts. GA is an epoxide
metabolite of the genotoxic carcinogen acrylamide, and alkylates the N7 position of guanine.
Surprisingly, the authors were able to preferentially detect GA adducts compared to similar compounds
(e.g., dGTP and glycidamide metabolites). While the sensor was capable of detecting the GA adducts,
it was unfortunately ineffective in the presence of high concentrations of nucleotides [36].

Finally, Xu et al. developed an RNA aptamer that binds benzylguanine [23]. While benzylguanine
is not a biologically-relevant DNA adduct, it is frequently used in place of O6-methylguanine for
studies [37]. The best selected aptamer displayed high affinity for the target (~200 nM), but most
importantly, it exhibited a 20,000 fold selectivity compared to other guanine metabolites.

Together, these examples suggest that aptamers could be selected to recognize and bind to
biologically-relevant alkylated guanine adducts in the future.

2.3. Double-Strand Breaks

The most dangerous forms of DNA damage are double-strand breaks (DSB). DNA DSBs occur
when the two complementary stands of the double helix are simultaneously broken at locations that
are close enough to one another, so that base pairing and chromatin structure cannot keep the two
DNA ends together. As a consequence, repair is difficult and detrimental recombination with other
sites in the genome may occur [38].

Despite their importance, there have been no reports of selecting aptamers to specifically
recognize the termini of DSBs. This is expected to be difficult due to the electrostatic repulsion
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of the sugar–phosphate backbone of DNA that would prevent single strand aptamer binding to the
DNA duplex. However, there have been several efforts in the past two decades to overcome the
challenges presented by binding oligonucleotides to duplex DNA.

The Maher group reported the first example in 1996. The authors applied conventional SELEX
against a 21 nt homopurine/homopyrimidine duplex DNA target. Following 26 rounds of selection
under conditions that increased from pH 5.0–7.4, several aptamers emerged that bound to the duplex
target with modest affinity (less than 1 μM) at pH 6, and approximately 10 μM at physiological pH [24].
Importantly, these selected aptamers approach the binding affinity of a 21 nt RNA oligonucleotide
that forms a canonical triple helix with the duplex. Building on the success of this SELEX approach,
selection of oligonucleotides to a duplex was performed again 13 years later, this time at neutral pH
and in the presence of the triplex stabilizing agent, benzoindoloquinoline (BIQ). Following only seven
rounds of selection, aptamers were capable of binding a 20 bp duplex with a Kd of 43.9 nM. However,
in the absence of BIQ, no binding was observed [25]. Together, these examples indicate that there are
strategies to reduce the electrostatic repulsion between DNA and potential aptamers; thus, potentially
enabling future approaches for aptamer-based detection of DSBs.

As a final exciting example, Srisawat et al. performed SELEX using the 3′ long terminal
repeat (LTR) of human immunodeficiency virus type 1. This 325 bp DNA duplex lacks a long
polypurine/polypyrimiding tract and is therefore unlikely to favor triplex formation. The goal
of this work was to identify aptamers that bind to the internal region of the LTR and thereby regulate
its transcription. As such, several efforts were made to promote binding of the aptamer library to the
internal region. The authors found that the selected RNA aptamers had a tendency to bind to the
“ends” of the dsDNA; some aptamers were specific for the 3′ end while others recognized the 5′ end of
the LTR [26]. This result suggests that aptamers might be selected to recognize the damaged ends of
double-strand breaks.

3. Aptamers for Repair Proteins

Cells have unique molecular pathways to correct common types of DNA damage. The major
pathways include non-homologous end joining, homologous recombination, mismatch repair,
nucleotide excision repair, base excision repair and direct repair [39]. Below, the aptamers that bind
to the repair proteins that mediate these repair pathways are described. The repair mechanisms and
proteins involved in each pathway have been extensively reviewed by others (see for example [40,41]);
however, a short overview is also provided. To our knowledge, there are no aptamers available for
the components of homologous recombination repair pathways. Furthermore, there are no aptamers
that specifically interact with proteins from transcription-coupled repair (TC-NER) involving the
transcription factor TFIIH. However, a recent review describes many aptamers that bind to the
transcription factor, TFIIA [42]. This suggests that the TC-NER pathway may be a suitable target for
future aptamer development.

3.1. Non-Homologous End Joining

Double-strand breaks (DSBs) are repaired by the non-homologous end joining (NHEJ) and
homologous recombination repair (HR) pathways. While the HR pathways require a homologous
template, the NHEJ pathway repairs DSBs by directly ligating the ends. There are at least two
genetically distinct sub-pathways of NHEJ: the classical-NHEJ (C-NHEJ) and alternative-NHEJ
(A-NHEJ). The C-NHEJ pathway requires at least seven different proteins [43]. Two of these proteins,
Ku70 and Ku86, form a heterodimer that functions as a molecular scaffold for the other NHEJ proteins
to bind and initiate repair [44,45].

The first example of aptamer selection for a repair protein was performed in 1998 to the important
scaffolding protein Ku. Here, Yoo et al. performed electrophoretic mobility shift assay (EMSA)–SELEX
using an RNA library against the dimeric Ku protein purified from HeLa cell extracts. Their selection
yielded 18 individual aptamers, each binding to the Ku protein with dissociation constants below
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2 nM [27]. Excitingly, four of the aptamers were sufficiently selective that they were able to bind to
the Ku protein in crude Hela cell extracts. Furthermore, these aptamers inhibited the binding and
catalytic activity of the DNA dependent protein kinase catalytic subunit (DNA-PK), which is normally
recruited to broken ends of DNA by the Ku protein [27].

3.2. Base Excision Repair

The base excision repair (BER) pathway is responsible for repairing small, non-helix-distorting
damaged bases. BER is initiated by DNA glycosylases that recognize and remove the damaged base,
creating an abasic site (AP site). Next, an AP endonuclease cleaves the AP site, and DNA polymerase β

(polβ) removes the resulting 5′-deoxyribose phosphate via its 5′ to 3′ nuclease activity. Finally, the gap
is filled by either short-patch (polβ replaces a single nucleotide) or long-patch BER (2–10 nucleotides
are newly synthesized) [46,47].

There are currently two known examples of aptamers selected to BER-related proteins. First, as a
proof-of-concept study, the Beal lab selected RNA aptamers to formamidopyrimidine DNA glycosylase
(Fpg). Fpg (also known as 8-oxoguanine DNA glycosylase) is found in bacteria and repairs a wide
range of oxidized purines. In this work, Vuyisich et al. used conventional SELEX with Fpg isolated
from E. coli as the target. However, the authors were interested in isolating ligand-induced binding
aptamers (i.e., those that only bind to the target in certain conditions). Therefore, the selections
included a range of neomycin concentrations. As a result, the emerging aptamers could only bind to
the target, Fpg, in the presence of the antibiotic, neomycin. Regardless, the best aptamer displayed
high affinity to this repair protein, with a reported Kd of 7.5 nM [28]. Next, in 2006, Gening and
co-workers performed seven rounds of selection to uncover RNA aptamers that bind to polβ isolated
from E. coli. Upon further characterization, these aptamers bound to polβ with Kd values as low
as 290 nM. Unfortunately, the aptamers did not display high specificity, binding also to polκ with
similar affinity (Kd = 410 nM). More impressively, the aptamers were able to inhibit the activity of both
polymerases in primer extension assays [29], highlighting potential applications for these aptamers.

3.3. Mismatch Repair

Mismatches in the genome can occur due to mis-incorporation during the replication process,
or as a result of chemical damage to a complementary nucleobase. If the mismatches are not removed
by the proofreading activities of the replisome, then the post-replicative “Mismatch Repair System”
(MMRS) is activated. For simplicity, the process in E. coli is described; however, homologues of all
these proteins are found in eukaryotes. This process is initiated by MutS, a protein that recognizes
and binds to mispaired nucleotides. MutS then works together with MutL to direct the excision of
the newly synthesized DNA strand by MutH [48]. This is followed by removal of the mismatch and
subsequent re-synthesis by DNA polymerases [49].

The Krylov group has been using non-equilibrium capillary electrophoresis of equilibrium
mixtures (NECEEM) SELEX [50] to identify many aptamers to various repair proteins. In 2006,
NECEEM was first used to select aptamers to MutS from Thermus aquaticus. The isolated aptamers
displayed dissociation constants as low as 3.6 nM to the isolated protein [30]. Other selections by the
Krylov group have focused on DNA dealkylating proteins (see below).

3.4. Direct Repair

The simplest form of repairing DNA damage is direct repair, because cleavage of the
phosphodiester backbone is not required. As a result, highly specialized proteins are involved for
each type of damage [51]. Direct reversal is primarily used for correcting damage caused by DNA
alkylating agents. For example, O6-alkylguanine DNA alkyltransferase (AGT) is known to specifically
reverse O6-methylguanine back to guanine. As another example, the repair protein AlkB directly
repairs N1-methyladenine and N3-methylcytosine base lesions [52,53].
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In 2011, the Krylov group selected DNA aptamers using the NECEEM SELEX platform to the
AlkB protein isolated from E. coli. The resulting aptamers displayed Kd values in the nanomolar
range (as low as 20 nM) [31]. Later, these aptamers were shown to also inhibit AlkB activity by
binding through an allosteric mechanism [54]. Next, the Krylov group was interested in obtaining
aptamers to the human repair protein homologue, AlkB homologue 2 (ABH2). Original attempts
failed due to challenges with the target (including instability and high positive charge). However,
in 2014, NECEEM was coupled to emulsion PCR to efficiently amplify potential sequences. As a result,
aptamers were isolated within three rounds that bound specifically to ABH2 with Kd values as low as
85 nM [32].

4. Aptamers That Recognize Mutated Gene Products

If DNA adducts are not repaired, mutations accumulate in the genome. When these mutations
occur in oncogenes or tumor suppressor genes, it is possible that the mutations confer a growth
advantage (driver mutations), thus resulting in the promotion of cancer [55]. Hot spot mutations
may arise from either potentially damage-prone or repair-inaccessible locations in the genome.
Ongoing research aims to determine the exact mechanism behind this selection preference [56].
Such mutations occur in tumor samples more frequently than the background [57], and have been
identified in several genes. As a result, these mutated gene products provide some of the best-studied
targets for chemotherapy [57], which explains why there have been some efforts towards isolating
aptamers for these cancer driver gene products.

Codon 12 of the KRAS gene is the most frequently mutated codon in human cancers. As a result,
many aptamers have been generated to mutant KRAS proteins and peptides [58,59]. In the most
recent example, an RNA aptamer was generated that specifically bound to a mutant KRAS protein
with a point mutation in codon 12 (KRASV12). Excitingly, binding to the wild-type KRAS was more
than 50 fold lower than the mutant [33]. A second example is the p53 gene which is considered
the “guardian of the genome”. p53 is lost or mutated in about half of human cancer cases [60,61].
The single amino acid substitution p53R175H is one mutation which abolishes p53 function. In 2015,
Chen et al. were able to isolate an RNA aptamer that binds to the p53 mutant p53R175H. Remarkably,
this RNA aptamer (p53R175H-APT) also displayed a significantly stronger affinity to p53R175H than
to the wild-type p53 in both in vitro and in vivo assays [62].

5. Selection Challenges and Considerations

The SELEX process involves iterative rounds of in vitro binding, partitioning and amplification
(Figure 3) [63–65]. Despite the simplicity, a major advantage of the process is the flexibility in the
enrichment strategy, binding conditions and nucleic acids design and type [66,67]. Due to this flexibility,
aptamers have been selected to a wide range of targets, including whole cells, viruses, proteins and
small molecules [68]. For reviews on the many modifications and improvements to the SELEX
procedure over the past 25 years, see [69–71]. Here, conditions specific to DNA damage and repair
targets are highlighted.
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Figure 3. Conceptual representation of classic Systematic Evolution of Ligands by EXponential
enrichment (SELEX) and important modifications. Classic SELEX consists of iterative rounds of
binding, partitioning and PCR amplification. Single-stranded DNA or RNA libraries are incubated
with the target-of-interest (blue circles). A partitioning step removes non-specific sequences (light
grey strands). PCR amplification is then used to make multiple copies of the selected sequences (dark
grey). Modifications to the classic SELEX process to isolate aptamers for DNA damage and repair
targets include: the use of “capture-SELEX” for small molecules allowing them to be selected without
immobilization; altered binding conditions to improve binding to strand breaks and improving activity
in vivo; rigorous counter selection to ensure binding specificity; and the use of NECEEM for difficult
protein targets.

5.1. DNA Adducts

The nucleobases of DNA have molecular weights ranging from approximately 110–150 g/mol.
Nucleosides range from 240–285 g/mol, and nucleotides are around 500 g/mol. As a result,
the selection targets for DNA damage aptamer libraries are very small, and therefore pose some of
the same challenges as small molecule SELEX. Several reviews and methods highlight the conceptual
and technical challenges in isolating aptamers to targets of less than 1000 g/mol [11,72]. This explains,
in part, the relatively small number of different DNA adduct aptamers as compared to repair proteins,
and is consistent with the general trend of fewer small molecule aptamers as compared to aptamers to
large targets such as proteins and even cells [68].

The biggest potential break-through in addressing the challenges associated with small molecule
aptamer selection was the development of Capture-SELEX, which yields structure-switching
aptamers [73]. This method circumvents the needs to immobilize small molecules on a solid-support
and further introduces a selection pressure for the selected aptamers to undergo a large structural
rearrangement upon binding to the target. This feature is often desired in development detection
applications with aptamers [74]. As a result, future aptamer selection efforts to damaged nucleobases
and nucleosides should make further use of the Capture-SELEX strategy.

5.2. Strand Breaks

Overcoming electrostatic repulsion of the sugar–phosphate backbone of DNA typically
requires the alteration of binding conditions in the selection of aptamers. This may include high
concentrations of cations (to shield the charge), lowering the selection pH or adding triplex-stabilizing
agents. However, a relatively unexplored strategy is the incorporation of non-natural nucleotides.
One potential option would be the use of peptide nucleic acids (PNA), where the negatively charged
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phosphate backbone is replaced by a neutral amide backbone [75]. As a result, PNA can selectively
bind and invade the DNA duplex [76]. There are several examples of DNA aptamers being synthesized
as PNA or developing aptamer-PNA conjugates [77]. Furthermore, the Liu lab has described an in vitro
selection and amplification system for peptide nucleic acids [78]. Therefore, future efforts should
evaluate the use of PNA to improve the binding affinity and specificity of detecting strand breaks.

5.3. Proteins

There are several methods available for selecting aptamers to protein targets; each possessing
their own unique advantages and difficulties. Regardless of the method employed, the most important
consideration for aptamers in applications involving DNA damage and repair is ensuring specificity.
This is particularly critical for targeting both repair proteins and mutated gene products. In the
selections described for mutated genes (Section 4), counter selection rounds were imperative to ensure
that the resulting aptamers did not bind to the non-mutated, wild-type proteins. Without including
these counter measures, it is possible that the aptamers would also recognize and bind to the wild-type
proteins. For example, in the polβ selection (Section 3.2), counter selections were not performed. As a
result, the aptamers were able to additionally bind and inhibit polκ, a polymerase from a different
family. Therefore, highly stringent counter selection steps should be performed to ensure the specificity
of the isolated aptamers.

6. Promising Applications

There is a disproportionately large number of publications and patents describing aptamer
applications compared to the number of publications describing new aptamers [79]. This trend
is consistent across most areas of aptamer research including food safety [80], neuroscience [81],
medicine [82] and gene control [83]. In contrast, the opposite appears to be true in the field of
DNA damage and repair; there are fewer examples of aptamer applications compared to the number
of selections (Table 1). Here, some of the promising future applications are described (Figure 4).
The challenges that must be addressed to make these potential applications a reality are summarized.

Figure 4. Conceptual figure highlighting potential applications of aptamers for DNA damage and
repair. (A) Aptamers (green strands) could be incorporated into several platforms to create rapid
analysis or point-of-care diagnostic kits to measured DNA lesion levels; (B) Aptamers combined with
RNA tools such as “Spinach” could replace antibodies in cell imaging (allowing fluorescent imaging
(bright dots) of damage/ repair proteins inside cells); (C) Highly specific aptamers (green strand)
that inhibit repair proteins and polymerases (brown shape) could be used in cancer treatment and
gene therapy.

6.1. Diagnostics

The detection of DNA adducts poses a major analytical challenge due to their very low
abundance in genomic samples. As a result, methods must be both very sensitive and highly
specific [84]. DNA lesion investigations from the 1980s were typically accomplished using the
32P-postlabeling methodology. This method was capable of detecting lesions at frequencies as
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low as one lesion in 1010 nucleotides [85]. More recently, mass spectrometry (MS) coupled with
liquid chromatography–electrospray ionization spectrometry (ESI-LC-MS) has been employed [86],
and can currently be used to detect one lesion per 108–109 nucleotides. Regardless, these methods
require significant quantities of purified DNA for quantifications. As a result, there have been
several recent efforts toward specifically amplifying DNA adducts or mapping adducts within a
genome. As an example, the Sturla group has developed a strategy to PCR-amplify DNA adducts of
interest using mutated polymerases capable of specifically incorporating non-natural nucleosides [87].
As another example, the Burrows group has applied nanopore sequencing, and developed a
biotin-labelling strategy to enrich and sequence oxidative damage [88,89]. These strategies are
powerful, yet time-consuming and costly. Therefore, there is still an unmet need for simple,
inexpensive methods that could be used as point-of-care diagnostic tools for decision-making about
further DNA damage testing. Aptamers have been readily incorporated into nanoparticle- [90] and
electrochemical-based [91] platforms to create point-of-care diagnostics. Therefore, the aptamers
described in Table 1, could be easily used to rapidly screen or test for target DNA adducts.

6.2. Cellular Imaging

Immunofluorescent staining of DNA damage and the damage response has led to several
important insights into DNA repair processes [92]. However, antibody staining must be performed
after fixing of tissue or cell samples [93], and therefore cannot capture real-time or dynamic repair
information. To image real-time processes inside cells, Jaffrey and co-workers developed “Spinach”,
another breakthrough aptamer technology [94]. Spinach, and several newer variants, is an RNA
aptamer capable of specifically binding to a small molecule dye. Only upon interaction with the
RNA aptamer does the dye fluoresce, creating a “light-up aptamer”. These RNA aptamers have
been encoded in the genomes of bacteria, yeast and mammalian cells to quantify, image and track
specific RNA molecules in real-time [95,96]. More importantly, the Spinach aptamer can be directly
coupled to a second aptamer, creating a system where fluorescence is observed only in the presence
of the aptamer’s target [97]. As a result, metabolites have been imaged and quantified in live cells
(see review [98]). Therefore, it is feasible that the same strategy could be applied to imaging and
quantification of DNA adducts and repair proteins in live cells and whole animals.

6.3. Therapeutic Targets

With several candidates in the clinical pipeline, aptamers have gained therapeutic visibility [99].
Aptamers have been used to impair cancer development, inflammatory disease, viral infection and
cardiovascular illness [99]. However, the most successful example continues to be Pegaptanib,
a vascular endothelial growth factor antagonist aptamer which was approved in 2004 for treatment of
age-related macular degeneration [100]. Recently, aptamer applications in therapeutics have focused
on cancer drugs and targeted drug delivery [101]. The aptamers described in this review could be
leveraged for these applications.

In particular, alkylating agents are commonly used in chemotherapy due to their ability to cause
DNA damage-induced apoptosis [102]. However, the efficiency of chemotherapeutic agents is strongly
reduced by DNA repair systems. Aptamers that bind to the active site of repair proteins or polymerases
involved in repair could be used to specifically inhibit their activities in cells [54]. This is a particularly
exciting application for aptamers, compared to antibodies, given that aptamers are sufficiently small
to fit inside tight binding pockets [27]. As one example, the aptamer selected by the Krylov group,
not only bound to the NER repair protein AlkB, but also was capable of efficiently inhibiting catalysis
at nanomolar concentrations [31].

As another possible direction, aptamers could be used to target specific cells or “turn on” drug
activity in the presence of altered repair processes. It is known that repair processes are altered in
cancer cells and that DNA damage and defects in DNA repair can both cause cancer [103]. Certainly,
aptamers that recognize cancer cell surface proteins may be useful in delivering DNA damaging
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chemotherapeutics or DNA repair inhibitors. Alternatively, typical mutated proteins arising from
DNA damage (or lack of repair) may be useful for ensuring chemotherapeutics are successfully
distributed and/or activated once inside their target cells (in this case, cells that indicate increased
DNA damage or altered repair). For example, the aptamer that binds to the mutated p53 protein was
only able to interact with the mutated protein in cancer cells in vitro as well as in tumor xenografts [62],
and had no impact on the wild-type p53 protein. Therefore, it is feasible that aptamers that bind to
mutated gene products could be loaded with drugs that target repair processes, providing a means to
target cells that are either cancerous or that may lead to further damage and mutation.

6.4. Application Roadblocks

Despite the exciting potential, it is clear that there have been very limited demonstrations of
using aptamers in DNA damage and repair applications. This lack of utility is likely due to several
technical and conceptual challenges. For diagnostic applications, perhaps the biggest roadblock is
that there is still much to learn concerning the quantitative importance of DNA damage. For example,
the linear dose response for genotoxicant-induced gene mutations and chromosomal damage has
been challenged [104]. Furthermore, there is a gap in our understanding of the link between
sequence-specific DNA adducts and mutational patterns [56,105,106]. Until these questions are
addressed, it is not clear if there is a need for rapid point-of-care diagnostics or testing DNA adducts
as a biomarkers in disease.

In contrast, cellular imaging with aptamers is a much-needed application, particularly in the field
of DNA damage and repair. However, this application has only been very recently demonstrated.
It is likely “only a matter of time” before in vivo or cellular imaging of DNA damage and repair
processes with aptamers are demonstrated. One challenge is the internalization of the cellular
imaging probes. However, researchers have developed many clever transport and delivery strategies
to overcome this hurdle (see review [98]), and thus it is no longer a critical issue. However,
a bottleneck that has not been tested with this set of aptamers is the in vivo activity. Unfortunately,
many of the available aptamers were selected in conditions that are not physiologically relevant.
In particular, many aptamers were selected using high concentrations of magnesium. This can be a
limitation when genetically-encoding or delivering aptamers into the cellular environment, where free
magnesium is much less abundant [107]. Therefore, it is possible that additional aptamer selections,
under physiologically relevant conditions, may be needed to enable the successful use of aptamers in
cellular imaging of DNA damage and repair.

The majority of the aptamers selected for DNA damage and repair proteins used proof-of-concept
targets, including prokaryotic versions of repair proteins. These aptamers would not be useful for
therapeutic applications (as they likely do not bind to the human orthologues), but demonstrate the
potential for future aptamer selections targeting human repair proteins. In general, the main challenge
in applying aptamers that recognize DNA damage and repair targets to therapeutic applications are
the same obstacles for all aptamer therapeutic targets. These challenges include efficient internalization
of the aptamers into the cell (and nucleus), off-target binding, half-life and stability in vivo and renal
clearance. These difficulties, in combination with a general reluctance to divert from conventional
antibody-based approaches, account for the long delay in the clinical translation and distribution of
therapeutic aptamers [99]. As the number of aptamer modifications increases, these challenges will
no longer hinder the therapeutic use of aptamers in general. Subsequently, it is expected that the
therapeutic applications for aptamers targeting DNA damage and repair processes will also improve.

7. Conclusions

There are few examples of aptamers that bind to DNA adducts or modified nucleic acids,
damage repair proteins and mutated gene products involved in carcinogenesis. However, there are
many targets for which future aptamer selection would be beneficial. For example, there are
no aptamers that bind to damage resulting from deamination or crosslinking. Furthermore,
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aptamers could be selected for a long list of repair proteins, including those involved in the NER
and HR pathways. Despite the potential, direct evidence of the utility of aptamers in the field of
DNA damage and repair is currently limited. Therefore, demonstration of these exciting potential
applications should be performed. It is expected that several ongoing advances in the field of aptamers,
particularly in the context of targeted therapeutics, will help address current challenges limiting the
applications of aptamers in DNA damage and repair. Ultimately, this may motivate the researchers
to undertake additional selections to increase the list of aptamers that bind to DNA adducts and
repair proteins.
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Abbreviations

ABH2 AlkB homologue 2
AGT O6-alkylguanine DNA alkyltransferase
BER Base excision repair
BIQ Benzoindoloquinoline
bp Base pair
DSB Double-strand break
dsDNA Double-strand DNA
EMSA Electrophoretic mobility shift assay
Fpg Formamidopyrimidine DNA glycosylase
GA Glycidamide
HR Homologous recombination
Kd Dissociation constant
LTR Long terminal repeat
m7-GTP 7-methylguanosine 5′-triphosphate
NECEEM Non-equilibrium capillary electrophoresis of equilibrium mixtures
NER Nucleotide excision repair
NHEJ Non non-homologous end joining
N7-meG N7-methylguanine
8-oxoG 8-oxoguanine
PNA Peptide nucleic acid
SELEX Systematic evolution of ligands by EXPonential enrichment
Sp Spiroiminodihydantoin
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Abstract: Recent progresses in organic chemistry and molecular biology have allowed the emergence
of numerous new applications of nucleic acids that markedly deviate from their natural functions.
Particularly, DNA and RNA molecules—coined aptamers—can be brought to bind to specific targets
with high affinity and selectivity. While aptamers are mainly applied as biosensors, diagnostic agents,
tools in proteomics and biotechnology, and as targeted therapeutics, these chemical antibodies slowly
begin to be used in other fields. Herein, we review recent progress on the use of aptamers in the
construction of smart DNA origami objects and MRI and PET imaging agents. We also describe
advances in the use of aptamers in the field of neurosciences (with a particular emphasis on the
treatment of neurodegenerative diseases) and as drug delivery systems. Lastly, the use of chemical
modifications, modified nucleoside triphosphate particularly, to enhance the binding and stability of
aptamers is highlighted.

Keywords: aptamers; systematic evolution of ligands by exponential enrichment (SELEX);
modified triphosphates; medical imaging; drug delivery; gene regulation; DNA origami;
neurodegenerative diseases

1. Introduction

Over the last decades, the repository of genetic information in living organisms—DNA—and
the vector for gene expression—RNA—have seen an impressive expansion in applications that
substantially deviate from their natural functions. Indeed, nucleic acids play a key role in the
development of gene silencing therapeutic agents [1,2], the construction of novel nanomaterials [3],
and the crafting of biocatalysts [4–6]. In this context, aptamers are rapidly developing nucleic acid
tools that consist of single stranded DNA or RNA molecules comprising 20–100 nucleotides [7],
and that are capable of selective binding to a broad array of targets with remarkable affinity [8,9].
Hence, these functional nucleic acids are often considered as the nucleic acid equivalent of protein
antibodies. However, unlike their proteinaceous counterparts, aptamers are not plagued by physical
or chemical instability or by potential immunogenicity and can be produced on a relatively large
scale by standard chemical synthesis with little batch-to-batch variation [10]. Even though natural
aptamers interacting with RNA polymerases have recently been identified [11], these functional nucleic
acids are generally isolated in vitro by a combinatorial method coined SELEX (Systematic Evolution
of Ligands by Exponential Enrichment) [9,12,13]. During SELEX, large libraries of oligonucleotides
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(typically 1014–1015 individual molecules) are challenged to bind to the intended target and iterative
rounds of selection-amplification cycles are utilized to enrich the populations with high binding
species. Since the invention of the SELEX protocol in the early 1990s, thousands of aptamers have
been selected for targets ranging from small molecules [14] to larger entities such as proteins [15,16]
or cells [17–19], and databases have been created to canalize this exponential growth of aptameric
sequences and wealth of information [20–22]. The binding capacity of an aptamer is best described by
its dissociation constant Kd, which in turn is given by the ratio of the dissociation and association rate
constants (koff/kon) [23]. Typically, values in the low nM or even pM range are observed for potent
aptamers. These impressive properties are reflected by the numerous clinical trials involving aptamers
and the first FDA-approved oligonucleotide-based drug (Macugen®) [24,25]. Moreover, the versatility
of the selection protocol and the high binding affinities have propelled aptamers in the forefront of
numerous applications including for instance biosensing [26,27], proteomics [28], purification and
biotechnology [29–31], therapeutics [25,32], and diagnostics [33,34]. Herein, we have chosen to give
an overview and a brief description of the emerging but rapidly growing applications of aptamers.
Particularly, we will discuss recent implications of aptamers as radiopharmaceutical tools for medical
imaging purposes (MRI and PET imaging) and in neurosciences for the treatment and detection of
Alzheimer’s and Parkinson’s diseases. We also discuss the combined use of aptamers with DNA
origamis to develop novel nanomaterials and biosensing platforms. Since the development of all
these new therapeutic, imaging, and sensing agents require means of targeted delivery, we also cover
the use of aptamers as drug delivery systems and as gene silencing agents. The last facet of this
review will involve a discussion on the possibility of using chemical modifications to enhance the
general properties of aptamers and we will focus particularly on the direct use of modified nucleoside
triphosphates (dN*TPs) in SELEX experiments.

2. Medical Imaging (MRI and PET)

The ease of chemical modification at both 3′- and 5′-ends [35] combined with the high target
affinity and selectivity dramatically increases the potential of aptamers to serve as molecular imaging
agents, particularly for magnetic resonance imaging (MRI) and positron emission tomography
(PET) [36].

2.1. Aptamers and MRI

MRI is a highly efficient technique that provides non-invasive three-dimensional images of living
systems and of biological events with sub-millimeter spatial resolution [37]. In MRI, exogenous
contrast agents—mainly small molecules based on Gd3+-complexes—are used to enhance the image
contrast by increasing the longitudinal (T1) or transverse (T2) relaxation times [38,39]. An important
research avenue in the field of MRI consists in the development of smart or responsive contrast agents
which consist either of systems that induce a change in magnetic relaxation in the presence of a
biochemical stimuli (Figure 1A) or conjugates that vector MRI probes to their intended targets and
sites (Figure 1B) [40]. Smart contrast agents based on aptamers have been devised by the application
of both strategies. Indeed, in a proof-of-principle article, Yigit et al. developed a method for the
detection and bisosensing of adenosine in vitro [41]. The contrast agent chosen in this system relied on
biocompatible superparamagnetic iron oxide nanoparticles (SPIONs) due to their excellent capacity at
changing the nuclear spin relaxation of neighbouring water protons [42]. The SPIONs were coated
with cross-linked dextran which in turn could be functionalized with 3′- or 5′-thiol-modified DNA
sequences that were designed so as to partially hybridize to a potent anti-adenosine aptamer [43].
In the presence of the adenosine analyte, the aptameric section refolded into its three-dimensional
binding pocket concomitantly disrupting the hybridization to the SPION carrying oligonucleotides.
The disruption of the SPION clusters led to the dispersion of single nanoparticles which display larger
T2 values compared to the initial bioconjugate [41]. The observed brightening of the MR images was
ascribed to the resulting increase in T2 values. In a related system, anti-thrombin aptamers [15,44]
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were immobilized on cross-linked dextran coated SPIONs and upon binding to the thrombin target,
the nanoparticles assembled into larger aggregates which led to a decrease in T2 values (and thus
a reduction of the brightness of MR images); a strategy that is often preferred in T2-weighted MR
imaging [45]. More recently, a similar strategy was applied however by replacing the SPIONs with
a Gd3+-based T1-weighted contrast agent [46]. Indeed, a Gd-DOTA complex was connected (by
standard amide bond formation chemistry) to the 3′-amino modified end of a DNA oligonucleotide
designed to be partially complementary to the adenosine aptamer. The aptameric part was connected to
streptavidin and released the Gd-DOTA-modified oligonucleotide from the large streptavidin complex
upon binding to the target adenosine. The release of the contrast agent bearing oligonucleotide in
turn led to an increase in T1 value (and thus of the brightness of the MRI signal). In a conceptually
related strategy, a catalytic DNA molecule (DNAzyme) [4,5] was used to release Gd-DOTA from a
bulky complex [47]. Indeed, the RNA substrate was equipped with the Gd-DOTA complex while the
UO2

2+-dependent DNAzyme was connected to the protein streptavidin via a biotin moiety anchored
at its 3′-end. In the presence of the analyte (UO2

2+), the DNAzyme adopted its catalytically active
structure and hydrolyzed the single embedded rA unit, releasing the contrast agent.

Figure 1. Strategies for the construction of aptamers acting as smart contrast agents: (A) Response to a
biochemical stimuli: An oligonucleotide is equipped with a Gd3+-DOTA complex. This oligonucleotide
is complementary to part of the aptamer and upon binding to the target, the structural reorganization
causes the Gd3+-DOTA-labeled strand to dissociate from the duplex, which in turn increases the
relaxation time and thus the brightness of the MRI signal [46]; (B) Vectoring to intended target:
An aptamer is equipped with a contrast agent and will vector the probe directly to the intended target.

Monoclonal antibodies have been employed as tumor-specific ligands for the delivery of contrast
agents [48,49]. By analogy to their proteinaceous counterparts, aptamers can play the role of vectors
to transport contrast agents to specific regions of interest for MR imaging in vivo (Figure 1B) [50].
For instance, in a proof-of-principle study, the anti-thrombin aptamer was coupled to a Gd-DPTA
(DPTA = diethylenetriaminepentaacetic acid) complex [51]. When the aptamer-Gd-DPTA bioconjugate
was incubated with thrombin, significant relaxivity enhancements could be observed due to target
interaction which increases the size of the contrast agent and concomitantly the rotational tumbling
time [52]. In an ingenious system, Wang et al. bioconjugated a 2′-fluoropyrimidine-modified RNA
aptamer specific for prostate cancer cells [53] on thermally cross-linked SPION [54]. The resulting
construct not only allowed the transport of a contrast agent to the intended target and the concomitant
MRI detection of prostate cancer cells in vitro but also served as a convenient scaffold for the selective
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delivery of the anticancer agent doxorubicin (DOX) [55]. The same RNA aptamer-SPION construct
was then later used for the in vivo MRI detection of prostate tumors in a mouse model [56]. Related to
this approach, a G-rich 26-nucleotide long aptamer coined AS1411 [57] was first conjugated to silver
nanoclusters (Ag NCs) and then coupled to ultra-small gadolinium oxide (Gd2O3) nanoparticles [58].
The resulting Gd2O3-aptamer-Ag NCs system was successfully employed for the detection of MCF-7
tumor cells by MR and fluorescence imaging in vitro. Similarly, a variant of cell-SELEX was recently
used to isolate aptamers that specifically bound inflamed human aortic endothelial (HAE) cells [59].
The resulting aptamer tightly bound the desired target (Kd = 82 and 460 nM for fixed and free HAE
cells, respectively) and was conjugated to magnetic iron oxide particles for the efficient and selective
in vitro detection of activated HAE cells.

2.2. Aptamers and PET Imaging

Positron emission tomography (PET) is another highly accurate biomedical imaging modality
that is used worldwide in clinical diagnostic applications due to its capacity at providing tomographic
resolution at any tissue depth [60,61]. Several radioisotopes (e.g., 18F, 64Cu, 11C, 13N, 124I, and 68Ga)
display suitable properties for PET, namely a decay by emission of a positively charged particle (the
positron (β+)). Of these potential positron emitting radionuclides, 18F is often preferred due to its rather
convenient half-life (t1/2 = 110 min), facile production, and favorable physical properties (clean decay
and low emission energy) [62]. Besides the development of 18F-based synthons and radiolabeling
strategies, an important challenge in the field of PET imaging is the crafting of target-specific imaging
agents [61]. The potential of aptamers at delivering radionuclide probes was realized early on by
Lange et al. who photoconjugated an 18F-labeled precursor on the 5′-amino-modified DNA thrombin
aptamer [63]. More recently, an aptamer (sgc8) selective for the protein tyrosine kinase 7 (PTK7) [19]
was 18F-radiolabeled and the resulting bioconjugate was used for the detection and the quantification
by PET imaging of the expression of PTK7 both in vitro and in different tumor mouse models [64].
Similarly, the very same sgc8 aptamer was radiolabeled by application of the copper (I)-catalyzed
alkyne-azide cycloaddition (CuAAC or click reaction) using a metabolically stable 18F-areene-arene
derivative (Figure 2A) [65]. The affinity of the resulting 18F-sgc8 aptamer for the PTK7 target could
be determined (Kd = 1.1 nM) by PET imaging in vivo and further used for the mapping of tumoral
PTK7 expression (Figure 2B). 18F-arene tags were also connected by standard amide bond formation to
an aptamer selective for the extracellular matrix glycoprotein tenascin-C which has been identified
as a potential biomarker for various diseases, including myocarditis as well as different forms of
cancer [66,67]. The anti-tenascin-C aptamer was also radiolabeled with a 64Cu-NOTA complex and
both the 64Cu and 18F-labeled aptamers were used for the in vitro and in vivo PET imaging analysis
of the stability of the aptameric construct and for tumor localization in a mouse model [67]. These
first examples of in vivo PET imaging guided by aptamer ligands were followed by a recent article by
Zhu et al. where DNA aptamers were screened both in vitro and in vivo against the cell membrane
HER2 which is overexpressed in various types of cancer [68]. In a first step, a traditional in vitro
selection experiment was carried out using a His-tagged extracellular domain of HER2 to isolate
aptamers against this biomarker. Following eight rounds of the protein-based selection, seven rounds
of cell-SELEX were applied with live SKOV3 ovarian cancer cells as targets to ensure proper binding
of the aptamer candidates under in vivo-like conditions. This dual selection strategy allowed for the
isolation of different high affinity (KD values in the low nM range) aptamers against SKOV3 cells,
which were subsequently 18F-radiolabeled by application of a click reaction protocol. The 18F-labeled
aptamers were injected intravenously into an SKOV3 xenograft tumor and their tumor uptake efficiency
was evaluated by PET imaging analysis. The most efficient radiolabeled aptamer was then successfully
used for the PET imaging detection of HER2 in an ovarian cancer mouse model [68].

In an alternative methodology, a hybridization reaction between a radiolabeled sequence that is
partially complementary to an aptamer can be used to circumvent the tedious and material consuming
purification step involved in the direct labeling of an aptamer. In this context, using click chemistry,
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Park et al. 18F-radiolabeled an oligonucleotide that recognizes the anti-nucleolin aptamer AS1411 [57]
and used the resulting duplex for the in vitro and in vivo PET imaging detection and targeting of C6
tumors in a mouse model [69]. As clearly shown in this section, the potential of aptamers to serve
as PET imaging agents only begins to be explored and additional and alternative 18F-radiolabeling
strategies [70–73] will certainly facilitate the application of aptamers in this imaging modality.

Figure 2. (A) Hypothetical secondary structure of the sgc8 aptamer and the 18F-label; and (B) positron
emission tomography (PET) images of a mouse model with HCT116 tumors, white arrows represent
the HCT116 xenograft [65].

Aptamers have also been used in the related imaging technique SPECT (single photon emission
computed tomography) where radionuclides (e.g., 99mTc or 111In) decay by emitting a single γ-ray [74].
In a recent example, a 2′-fluoro-modified RNA aptamer (F3B) was raised against the human Matrix
MetalloProtease-9 (hMMP-9) which is implicated in angiogenesis and believed to favor tumor cell
formation [75]. The unmodified purine ribonucleotides were converted to 2′-O-methyl-modified units
after SELEX and the resulting aptamer (F3Bomf) displayed a very high specificity and binding affinity
for its intended hMMP-9 target (Kd = 20 nM). The fully modified aptamer F3Bomf could be connected
to a 99mTc complex and successfully used for the detection of the tumor biomarker hMMP-9 in human
glioblastoma sections [75]. The same aptamer F3Bomf was subsequently radiolabelled with 99mTc and
111In complexes which revealed to be excellent candidates for the in vivo detection of hMMP-9 in mice
bearing human melanoma tumors [76].

3. Aptamers for the Treatment and Diagnostics of Neurological Diseases

Aptamers can prevent protein-protein interactions, protein aggregation, and inhibit enzymes and
thus represent alluring biomolecules for the modulation and mechanistic investigation of biological
events related to neurodegenerative diseases. Surprisingly, the use of aptamers in the field of
neurosciences is rather modest but is steadily increasing since new perspectives of traversing the blood
brain barrier are rising for those molecules [77–79].

3.1. Aptamers and Neurotransmitters

The transmission of signals between two neurons is relayed by the exocytotic release of a battery
of distinct chemical entities called neurotransmitters (see Figure 3A). Neurotransmitters consist
mainly of single amino acids and their metabolites (e.g., glutamate and GABA, respectively) [80],
biogenic monoamines (e.g., dopamine (DA), norepinephrine (NE), acetylcholine (Ach), and serotonin
(5-HT)) [81], soluble gases (mainly NO, CO, and H2S), and neuropeptides (e.g., neurokinin A and
B, substance P or neuropeptide Y) [82]. In addition to their critical roles in numerous physiological
functions, abnormal levels of neurotransmitters are indicators of various diseases including tumors [83],
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tauopathies [84], and psychological and mood disorders such as schizophrenia [82,85], However,
due to the presence of only low amounts, complex and delicate matrix composition, and the inherent
chemical nature of neurotransmitters, detection of variation of their local concentrations is a rather
difficult undertaking, even on samples obtained by ex vivo preparation [81], Aptamers have already
demonstrated their capacity at recognizing and sensing various neurotransmitters [86]. Indeed, in an
early report, Mannironi et al. have isolated an RNA aptamer that specifically recognized dopamine
(Kd = 1.6 μM for the free molecule in solution) [87]. This RNA aptamer was fundamental in the
development of a potent dopamine biosensing system. This approach exploited the three-dimensional
folding produced by the binding event which in turn favored gold nanoparticle aggregation leading to
a colorimetric change [88]. Similarly, the RNA aptamer was used for the selective (despite the presence
of competitive catecholamines) and sensitive (100 nM to 5 μM concentration range) electrochemical
detection of DA [89]. Surprisingly, when the sequence of this anti-DA RNA aptamer was converted
into its DNA counterpart, the affinity of the aptamer was increased and the specificity retained [90].
This DNA version of the DA aptamer was recently used in an in vivo study assessing its capacity at
reversing cognitive deficits caused by the non-competitive NMDA-receptor antagonist, MK-801 in
a rat model [91]. However, the specificity and binding capacity of the DNA homolog was seriously
questioned recently, and the authors even suggested that it was not acting as a true aptamer [92].

Additionally, aptamers were also raised against the biogenic monoamines norepinephrine [93],
acetylcholine [94], and serotonin (developed by Base Pair Biotechnologies, Inc., Pearland, TX, USA) [95].

Figure 3. (A) Chemical structure of the main biogenic monoamine neurotransmitters; and (B) amino
acid sequence of neuropeptide Y [96].

Neuropeptides represent the largest family of neuromessengers and can modulate both gene
expression and synaptic communication [82,97]. Due to their larger size and broader chemical
diversity, neuropeptides bind to their targets with higher affinities than biogenic monoamines and
are consequently present in even lower quantities. Neuropeptides thus represent attractive targets for
aptamer selection to devise potent sensing and quantification systems. In this context, first selection
campaigns aimed at raising aptamers against neuropeptide Y (Figure 3B), which is negatively charged
(pI = 5.52) at pH 7.0, and thus represents a challenging target [98,99]. First, an RNA aptamer was
isolated and shown to bind tightly to the C terminus of neuropeptide Y (Kd = 370 nM) and displayed
no cross-reactivity with the closely related (~50% sequence homology) human pancreatic polypeptide
(hPP) [99]. More recently, DNA aptamers were also raised against neuropeptide Y and displayed
similar affinities (Kd values in the 0.3–1 μM range) and selectivities to the RNA counterpart [98].
One DNA aptamer was integrated in a graphene-gold nanocomposite-based sensing platform for the
fast, selective, and precise in vitro detection of neuropeptide Y [100]. This sensing platform displays a
detection limit of 10 pM as well as high selectivity and fast response. Similarly, Banerjee et al. developed
an aptasensor based on carbon fiber amperometry to detect neuropeptide Y in pheochromocytoma
12 cells [101].

The undecapeptide substance P is a member of the tachykinin family and is an essential excitatory
transmitter involved in numerous important biological activities and functions. In light of its high
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biological and neurological significance, an RNA aptamer was isolated against substance P [102].
Indeed, an automated SELEX procedure with the D-peptide of substance P as target was applied to
isolate an L-RNA aptamer which could be converted to its corresponding Spiegelmer (D-RNA) [103]
which bound to the naturally occurring L-substance P with high affinity (Kd = 40 nM). This Spiegelmer
was also efficiently used to inhibit the substance P-mediated calcium release in human AR42J cells
(IC50 = 45 nM). A similar strategy was applied in the isolation of a Spieglemer (D-RNA) aptamer
against the neuropeptide nociceptin/orphanin FQ (N/OFQ), involved in numerous capital biological
and neurological responses such as anxiety, pain, and stress [104]. The most potent Spiegelmer,
NOX 2149, recognized N/OFQ with high affinity (Kd = 0.2 μM) and concomitantly prevented N/OFQ
from binding to its receptor (IC50 = 110 nM). Aptamers have also been raised against the neuropeptides
somatostatin [105], ghrelin [106], Glucagon [107], angiotensin II [108], and calcitonin gene-related
peptide 1 (α-CGRP) [109], as well as against certain receptors such as neurotensin receptors [110,111],
and the cholecystokinin B receptor [112].

3.2. Aptamers and Tauopathies

Tauopathies are progressive neurodegenerative disorders including Alzheimer’s disease (AD),
Parkinson’s disease (PD), Huntington’s and prion diseases, and are characterized by the presence of
aggregates of the microtubule-associated protein tau in the brain [113]. Even though the exact origins
and the molecular mechanisms are vastly unknown, it is believed that misfolded and abnormal forms
(often hyperphosphorylated) of the wild-type proteins are involved in the physiopathology of these
diseases by acting as seeds for the aggregation of these proteins. Aptamers could thus contribute to
this field as tools for the investigation of the origin of tauopathies and for the detection, the prevention,
and the treatment of these disorders [77,78], as highlighted in this section for AD and PD.

3.2.1. Alzheimer’s Disease

In AD, the combined accumulation and deposition of abnormal forms of tau protein and
amyloid β (Aβ) peptides in the human brain is followed by a progressive functional disruption
of neuronal networks [114]. Consequently, both tau and Aβ proteins represent valid targets for
aptamer selection experiments.

Tau proteins play an important role in the stabilization and assembly of microtubules and
display little propensity at aggregating and oligomerizing when found in their native folds and states.
In AD, aggregates of hyperphosphorylated tau are thought to be transmitted in a prion-like manner
that proceeds along connected neurons throughout the brain (the so-called tau-hypothesis) [115].
The understanding of how and why tau protein aggregates are capable of propagating in the brain
is an important issue in neurosciences. In order to develop new tools to investigate and prevent
this aggregation, Kim et al. have recently reported the isolation of an RNA aptamer against the
longest isoform of human tau (tau40, 2N4R) [116]. The resulting aptamer efficiently prevented the
oligomerization of tau monomers in vitro without affecting its degradation but on the other hand was
not capable of disentangling pre-existing tau oligomers. Interestingly, the RNA aptamer could also
delay tau oligomerization in DOX-inducible tau HEK293 cells and significantly reduced interneuronal
tau propagation in primary rat neuronal cells, underscoring the inhibitory potential of aptamers for the
regulation of tau oligomerization. A ssDNA sequence capable of binding to the human tau isoforms
381 and 410 (Kd = 0.19 and 0.35 μM, respectively) was identified not by SELEX but by kinetic capillary
electrophoresis [117]. This DNA oligonucleotide was subsequently used in an aptamer-antibody
sandwich assay for the detection of tau 381 in human plasma (limit of detection of 10 fM) [118].

In addition to abnormal tau protein accumulation, the deposition of rather short (~4 kDa) Aβ

peptides is believed to be a key step in the progression of AD—known as the Aβ-hypothesis [119].
Aβ peptides stem from the sequential cleavage of the larger transmembrane glycoprotein amyloid
precursor protein (APP) mainly mediated by the combined action of a β-secretase (also known as
β-site APP cleaving enzyme-1; BACE1) and a γ-secretase complex (Figure 4). Both aspartyl proteases
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hydrolyze APP into several Aβ isoforms (mainly Aβ38, Aβ40, and Aβ42) which first assemble into
synaptotoxic oligomers and then into amyloid fibrils, often considered as one of the major toxic agents
in AD [119]. Lastly, Aβ oligomers also seem capable of binding to normal prion protein (PrPC) with
high affinity which might be at the origin of the toxicity of these oligomers [120]; this hypothesis,
however, remains somewhat controversial [121–123]. Consequently, PrPC, Aβ monomers and
oligomers, BACE1, and the γ-secretase complex all represent relevant targets for aptamer selections to
modulate, inhibit, or understand their functions [78,79].

 

Figure 4. Schematic depiction of the formation of Aβ fibrils: BACE1 cleaves APP (Aβ sequence numbers
are shown only) in the extracellular domain and the resulting fragment remains membrane-bound
where it is cleaved by the γ-secretase complex into Aβ peptides (only the main Aβ40 and Aβ42
isoforms are shown). Monomeric Aβ peptides then aggregate to form oligomers and eventually
β-fibrils. The cellular prion protein PrPC can also bind to Aβ oligomers [78,119].

Inhibition of the catalytic activity of BACE1 or the γ-secretase complex could directly hinder
the formation of the toxic Aβ oligomers and β-fibrils. Consequently, both a natural and a modified
DNA aptamer have been raised against the transmembrane protease BACE1 [124]. The natural
DNA aptamer binds BACE1 with high affinity (Kd = 69 nM) and was shown by a FRET assay
to inhibit its activity both in vitro (IC50 = 242 nM) and in an AD cell model [124]. The modified
aptamers, selected with the triphosphate 5-chloro-dUTP and 7-deaza-dATP [125], displayed similar
properties to the unmodified sequence, albeit with a slightly higher binding affinity and an interesting
agonist/antagonist behavior [126]. Similarly, an RNA aptamer (called S10) was selected against the
cytoplasmic tail B1-CT of BACE1 and showed a remarkable affinity for both phosphorylated and
nonphosphorylated BACE1 (Kd = 330 and 360 nM, respectively) [127]. Aptamer S10 was also capable of
binding to cellular BACE1 and did not prevent binding of the protein factor GGA1 to the cytoplasmic
tail or the casein kinase-mediated phosphorylation of the single serine S498 located in the B1-CT
tail. Thus far, no aptamers have been raised against the membrane bound γ-secretase nor any of its
constitutive proteins (i.e., presenilins, nicastrin, APH-1, and PEN-2) [119].
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The Aβ40 and Aβ42 isoforms readily associate to form soluble but toxic Aβ oligomers. In this
context, an RNA aptamer coined β55 was identified by SELEX and shown to recognize its intended
target Aβ40 with high affinity (Kd = 29 nM), albeit not in its monomeric or oligomeric forms but
as fibrillar assemblies [128]. Furthermore, Farrar et al. also demonstrated that β55 was capable
of binding to amyloid plaques in ex vivo human AD brain tissue slices. Remarkably, this binding
event was also confirmed in vivo using a fluorescently labeled β55 in a transgenic mouse model [129].
Having realized that β55 only bound to Aβ40 polymers despite using a monomeric species in SELEX,
Rahimi et al. set up an in vitro selection experiment that involved covalently-stabilized oligomers of
Aβ40 [130]. Surprisingly, the resulting RNA aptamers did not bind to Aβ40 oligomers but only to
Aβ40 fibrils, showing the high and natural propensity of nucleic acids to recognize fibrillar motifs in
protein assemblies. This propensity was further confirmed by the substantial cross-reactivity of the
isolated aptamers with Aβ42 and other amyloid fibrils. Another set of RNA aptamers was obtained
through a selection experiment that used monomeric Aβ40 conjugated to gold nanoparticles; this target
was hypothesized to act as a model of Aβ oligomerization and to allow both binding to the Aβ40
peptide and facile separation from unbound material [131]. Two aptamers, obtained by different
elution protocols from the Aβ40-gold nanoparticles, indeed recognized monomeric Aβ40 (Kd values
of 22 and 11 μM) and were capable of inhibiting Aβ fibrilization.

Lastly, the prion protein (native PrPC or infectious isoform PrPSc) is an interesting target for
aptamer selection due to its implication in AD (Figure 4) and prion diseases such as spongiform
encephalopathies. Consequently, various DNA and RNA aptamers have been isolated against
bovine [132], mouse [133], and human [134] PrPC as well as PrPSc [135]. However, we refer the
interested reader to a recent and concise review article thoroughly covering this topic [77].

3.2.2. Parkinson’s Disease

As for AD, the origin of the PD pathology is believed to be connected to the formation of
misfolded protein aggregates. However, in PD, the presynaptic neuronal, 140 amino acid-long protein
α-synuclein and not Aβ has been identified as a possibly responsible agent for the pathogenesis [136].
The aggregation of α-synuclein proteins into oligomers eventually leads to the formation of fibrils
which then accumulate in cytosolic filamentous inclusions called Lewy bodies, which are the hallmark
of PD [137]. Consequently, the first example of a DNA aptamer against α-synuclein—coined
M5-15—was obtained by SELEX using the monomeric protein as target in the selection protocol [138].
However, M5-15 preferentially bound to α-synuclein oligomers and did not recognize the monomeric
form. This inherent conformation specificity prompted the authors to isolate other DNA aptamers
using a competitive screening method based on aptamer blotting and α-synuclein oligomers as
target [139,140]. The resulting aptamers presented Kd values in the low nM range that selectively
recognized the oligomeric form of α-synuclein over monomers and fibrils [140]. Interestingly,
the isolated aptamers also bound to Aβ40 oligomers (with slightly lower Kd values), hinting at
the possibility of a selective recognition of aggregates with β-sheet-rich proteins. One of the isolated
aptamers (T-SO517) was recently integrated in a potent label-free aptasensor system for the selective
detection of α-synuclein oligomers (the limit of detection was in the low nM or pM depending on
the analysis method) [141]. Aptamer T-SO517 was also integrated in a fluorescent sensing platform
that enabled the detection of Aβ40 oligomers down to 12.5 nM [142]. Similarly, a nanocomposite of
aptamer T-SO508, gold nanoparticles, and thionine was used as probe for the selective and sensitive
detection of Aβ40 oligomers (100 pM limit of detection) [143]. Lastly, variants of T-SO508 were either
grafted on magnetic nanoparticles to detect Aβ oligomers (detection limit of 36 pM) [144] or combined
with abasic site-containing molecular beacons to monitor Aβ aggregation [145].

Lastly, low levels of dopamine are also frequently found in patients suffering from PD and
thus, all the anti-DA aptamers described in Section 3.1 could be of use for the detection, monitoring,
and treatment of PD. Other potential targets are the other two members of the synuclein family, namely
β-synuclein and γ-synuclein which might be involved in neurodegenerative diseases.
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4. Aptamers as Key Components in the Fabrication of Smart DNA Origami Objects

The predictable nature and the high degree of fidelity of DNA base pairing are the origin
of the development of a plethora of DNA-based nanomaterials [3,146]. Of particular interest are
DNA origamis which are created by combining large single-stranded DNA frameworks (e.g., M13
bacteriophage genomic DNA (7249 nucleotides) [147]) with hundreds of shorter (20–60 nucleotides)
oligonucleotides (called staple strands) partially complementary to particular sequences on the
genomic DNA scaffold so as to form pre-designed two- and/or three-dimensional folds [3,148].
Since both aptamers and DNA origami are made out of the very same biopolymer and because
of the inherent binding capacity of aptamers, a combination of both nucleic acid-based materials
has been used for different applications including: (1) defined spatial positioning of proteins (and
other ligands of interest) on DNA arrays for medical diagnostic, biosensing, or tissue and material
engineering purposes [149,150]; (2) development of nanorobots for the delivery of drugs and other
payloads [151,152]; and (3) the creation of multimodal sensing platforms [153].

Chhabra et al. were the first to report on the immobilization of proteins at specific locations of
two-dimensional DNA nanoarrays [149]: two tile double-crossed (DX) DNA molecules [154] were
equipped either with the thrombin aptamer [44] or an aptamer raised against the Platelet-derived
growth factor (PDGF) [155] and combined with another set of DX tiles to form a two-dimensional
DNA network with interspaced alternating lines of both aptamers. An atomic force microscopy
(AFM) analysis showed that the corresponding target proteins successfully bound to their respective
aptamers following their sequential addition on the network. This approach was then extended to
a DNA origami constructed with 200 staple strands which resulted in the formation of rectangular
two-dimensional DNA nanoarrays. The inclusion of the two aforementioned aptamers controlled
the spatial positioning of the respective targets (i.e., thrombin and PDGF proteins) and therefore the
generation of programmable high-density protein-DNA nanoarrays [149]. In a conceptually related
construct, two aptamers binding to different epitopes of thrombin [15,44] were appended at different
locations of rigid four- or five-helix bundle DNA tiles to evaluate the optimal inter-aptamer distance
that ensures the highest binding to thrombin after formation of the hetero-aptamer system [150].
The optimal inter-aptamer distance appears to be at around 5.3 nM (i.e., slightly over the size of
thrombin) for high affinity bivalent binding (Kd ~10 nM). The same strategy was then applied for the
construction of a rectangular-shaped two-dimensional DNA origami object [156] two lines of each
aptamer separated by 5.3 nM were included in the scaffold of the origami tile resulting in efficient
bivalent binding to thrombin by dual-aptamer lines. These initial proof-of-principle studies paved the
way for the development of smart DNA origami objects. For instance, in a landmark work, Douglas
and co-workers designed a DNA nanorobot in the form of a hexagonal barrel (Figure 5A) consisting of
196 staple oligonucleotides and the 7308 nucleotide-long genomic DNA of an M13-like phage [151].
The two domains that constitute the barrel are connected by single-stranded oligonucleotidic hinges
at the rear and closed in the front by an aptamer sequence hybridized to a partially complementary
sequence. In the presence of protein tyrosine kinase 7 (PTK7), the sgc8c aptamers (specific for PTK7) [19]
dissociate from the lock-duplexes and the DNA nanorobot opens as a direct consequence of the
formation of the aptamer-ligand complex. The different payloads (i.e., either 5-nm gold nanoparticles
or antibody fragments against the human leukocyte antigen–A/B/C) are affixed on the inner walls
of the barrel (either through 5′-thiol or 5′-amino modified linkers, respectively) and can be released
upon opening of the DNA nanorobot. This ingenious system was incubated with different cell
lines expressing the HLA–A/B/C antigen with a combination of molecular inputs. An increase
in fluorescence caused by the binding of the antibody fragments on the cell surface could only be
detected in the presence of the correct “key”, namely PTK7. Lastly, the DNA origami system could be
extended to yield a more discriminatory system by incorporating combinations of aptamers recognizing
different targets.

Godonoga et al. recently reported a DNA origami-aptamer construct for the specific recognition of
a malaria biomarker [152]. In this system, a rectangular DNA origami [156] was fabricated by including
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the aptamer 2008s that specifically recognizes the malaria biomarker Plasmodium falciparum lactate
dehydrogenase (Pf LDH) with high affinity (Kd = 42 nM) through the formation of a 2:1 aptamer:ligand
complex [157]. An AFM analysis clearly revealed that only Pf LDH and not the related human homolog
(hLDH) bound to the surface of the DNA origami decorated with the aptamer 2008s (Figure 5B),
thus clearly demonstrating that large supramolecular DNA constructs could be used as diagnostic
tools for diseases.

 

Figure 5. (A) Schematic representation of the aptamer-gated DNA nanorobot [151]: the aptamer
(magenta) is locked in a double-stranded form by a partially complementary sequence (yellow) and
both are grafted on the nanorobot. The payloads (either gold nanoparticles (shown) or antibody
fragments) are constrained to remain within the DNA construct and only the recognition of intended
target by the aptamer (green) will unlock the DNA nanorobot and enable the delivery of the payload;
(B) AFM images of a DNA origami-aptamer construct in the presence of a non-target protein (hLDH;
left-hand side) and presence of the target protein (Pf LDH; right-hand side) [152]; (C) AFM analysis of a
DNA origami equipped with a split aptamer system in the closed (left-hand side) and open (right-hand
side) forms [153].

Lastly, DNA origami-aptamers systems can also be used as smart biosensing platforms. In a
recent contribution, Walter et al. blended the pinching capacity of a nanomechanical DNA origami
forceps [158] with the biosensing capacity of split aptamer systems [159]. Indeed, the constituting
sequences of the ATP-specific split aptamer were equipped with green- and red-emitting photostable
cyanine dyes that act as energy donor and acceptor, respectively [160] and were subsequently appended
on one arm of the DNA origami forceps. In the absence of the analyte (i.e., ATP) the constructs remained
in an open form (Figure 5C) and emitted green light (absence of energy transfer). On the other hand,
in the presence of ATP, the split aptamer sequences bound together which resulted in the closure of
the DNA origami forceps which concomitantly led to red light emission due to an efficient energy
transfer (Figure 5C). The sensing event can be observed by both AFM (Figure 5C) or by the change in
fluorescence from green to red, hence following the concept of DNA traffic lights [161].

5. Aptamers as Drug Carriers and Gene Regulating Agents

Repair of the biological damage or chemical imbalance caused by a disease often requires an
intervention in the form of a drug at the precise location of the inflicted disorder. Depending on
the disease, the nature and the location of the damaged biomaterial can vary substantially ranging
from simpler constructs such as proteins or nucleic acids to larger systems such as cells or entire
tissues. In order to improve the therapeutic index of drugs and reduce offside effects and some

71



Int. J. Mol. Sci. 2017, 18, 2430

inherent toxicity, numerous systems have been devised to carry drugs in a stable form to the intended
sites [162,163]. In this context, aptamers represent ideal candidates as delivery systems for conventional
or encapsulated drugs, but also for therapeutic oligonucleotides and peptides due to their properties
(vide supra) [25].

5.1. Nanomaterials Conjugated Aptamers

Due to the ease of functionalization of oligonucleotides, aptamers can be conjugated to virtually
any type of nanomaterial [164]. Amongst these, graphene oxide (GO) holds high promises for the
development of advanced materials due to its interesting optical and electronic properties but also
because of the possibility of constructing barrier films and new classes of membranes. In addition,
graphene oxide consists of interspaced sheets that form 2D structures which are known to exhibit low
toxicity, high mechanical flexibility, a large accessible surface, and an excellent quenching capacity of
fluorophores [165]. Consequently, numerous reports exist on the crafting of GO-aptamers conjugates,
especially for the development of biosensors [166]. In a highly interesting approach, Nellore et al.
explored the potential of immobilizing aptamers selective for biomarkers on GO to capture and identify
circulating tumor cells (CTCs) in blood—an approach that is reminiscent of that described earlier in
this review for the immobilization of aptamers on DNA origamis (see Section 4) [167]. Thus, aptamers
selective for the prostate-specific membrane antigen (PSMA), HER2, and the carcinoembryonic antigen
(CEA) biomarkers were covalently affixed on two-dimensional GO sheets by standard amide bond
formation with the carboxylic acid residues present on GO and then converted to a three-dimensional
architecture using polyethyleneglycol (PEG) as a cross-linking agent. The high capacity of the resulting
aptamer-coated 3D GO foam-based membrane at capturing tumor cells was proven by separating
the different cells from infected rabbit blood. In a related study, Bahreyni et al. connected aptamers
selective against the membrane protein mucin MUC1 which is overexpressed in various epithelial
carcinomas, through π-π stacking interactions with the GO surface [168]. GO was charged either
with the anti-MUC1 aptamer or a fluorescently-labeled aptamer selective for MUC1 cytochrome
C. Upon successful internalization of the labeled aptamer nano complex into target MDA-MB-231
and MCF-7 cells, a strong fluorescent signal was observed indicating binding and release of the
fluorescein labeled aptamers to cytochrome C, while no effects were observed with non-targeted cell
lines (HepG2). This theranostic system appeared to be non-invasive and selective for the targeted cells
inducing apoptosis.

An elegant “on and off” strategy reported by Tang et al. required a non-covalent assembly of the
Cy5.5-labeled AS1411 aptamer, targeting nucleolin, on the surface of a GO-wrapped, DOX-loaded
mesoporous silica nanoparticle [169]. This system allowed a light induced administration of DOX
that could be monitored by fluorometric measurements: a first fluorescent signal of the Cy5.5-labeled
aptamer indicated real time endocytosis of the aptamers into the target cell, while a second fluorescent
signal was induced by laser irradiation because absorption and transduction of the near infrared light
by the GO structures lead to local heat and expansion of the GO sheets and thus the release of the DOX
molecules in a light dependent manner.

Besides GO, gold-based nanomaterials and derivatives have attracted considerable attention for
the crafting of aptamer-based materials and devices due to their stability and their advantageous
optical and electronic properties [170–172]. In particular, gold nanoparticles have served as drug
delivery systems for aptamers since they generally increase the stability of ssDNA towards nuclease
degradation, the cellular uptake capacity of oligonucleotides, as well as their biocompatibility and
usually induce a limited immune response [173,174]. For instance, Huang and coworkers used gold
nanoparticles to attach thrombin-binding aptamers on their surface [175]. The complexed thrombin
on the gold nanoparticles (d = 13 nM) efficiently inhibited the thrombin activity against fibrinogen
upon activation with green laser light. The anticoagulant activity of these complexes was found
to be 30 times more potent than recent commercially available drugs (heparin, argatroban, hirudin,
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or warfarin) exhibiting a good biocompatibility, low toxicity and showed excellent half-life stability in
serum (t1/2 >14 d) [175].

Besides the use of gold nanoparticles as drug delivery systems and diagnostic tools, Niu et al.
demonstrated that conjugation of the sgc8c aptamer [19] with a gold N-heterocyclic gold (I)
complex (NHC-AuI-aptamer), known to induce cell apoptosis, resulted in internalization of the
bioconjugate specifically into CCRF-CEM leukemia cells and exhibited excellent cytotoxicity [171].
The sgc8c-7aptamer employed in this strategy targeted the receptor protein tyrosine kinase 7 (PTK-7)
that is overexpressed in CCRF-CEM leukemia cells and allowed for a 30-fold increase in cytotoxicity
compared to the unmodified NHC-AuI complex. No toxicity to off-target cells (in this case, K526 cells)
was observed with the bioconjugate, on the other hand, a dose-dependent toxicity was observed with
CCRF-CEM cells, underscoring the usefulness of this approach.

Quantum dots (QDs) represent another very attractive class of inorganic nanoparticles for the
formation of aptamer bioconjugates [176–178]. QDs have unique photophysical properties, including
color tunability and bright and extremely photostable fluorescence, that is keeping them in the forefront
of numerous sensing applications [178]. In addition, QDs have also been used in dual imaging-drug
delivery systems based on aptamers [179]. For instance, Su and co-workers covalently attached a
capture sequence on a near infrared CuInS2-QD via amide coupling to connect a MUC1-aptamer to
this nanoparticle through the formation of Watson–Crick base pairs [180]. Multiple CG-motifs present
in the resulting duplex served as intercalation sites for daunorubicin (DNR), which is a drug for the
treatment of acute myeloid leukemia. This system allowed a specific delivery of the DNR to prostate
cancer cells in vitro and a concomitant sensing of the presence of DNR in the construct due to a marked
drop in fluorescence intensity upon binding of the drug. A high cytotoxicity was found for MUC1
positive PC-3M cells but not for MUC1 negative HepG2 cells when treated with the DNR-loaded
bioconjugate [180].

In addition to inorganic frameworks, aptamers can be coupled to various organic nanomaterials
including DNA constructs [164], DNA micelles [181,182], aptamer-based hydrogels [183], lipids [184],
or even vitamins [185,186]. Recently, Dai et al. developed a DNA tetrahedron (Td) labeled with an
aptamer targeting MUC1. In this drug delivery system, the aptamer serves for the targeted delivery to
MUC1-positive breast cancer cells while the DNA tetrahedron is instrumental for the intercalation of
DOX [187]. A fluorescence-based drug loading experiment showed that each aptamer-Td construct
with an average size of 12.4 nM could carry up to 25 DOX molecules. A high red fluorescent signal of
free DOX molecules could be observed upon binding of the negatively charged complex to the MUC1
positive breast cancer cells but not with MUC1 negative cells. Accordingly, a very high cytotoxicity
was observed when MUC1 positive cancer cells were treated with the aptamer-Td conjugate [187].

A last category of nanoparticles that will be considered consist of linear block copolymers and
dendritic polymers which have been extensively used as encapsulating devices in drug delivery
systems [188,189]. Aptamers have also been used to decorate the surface of these polymeric entities
and to facilitate targeted delivery. This concept was developed by the Langer laboratory who reported
a strategy for a drug encapsulation by a triblock copolymer comprising a controlled release polymer
(poly (lactic-co-glycolic-acid); PLGA), a hydrophilic polymer (PEG), and the 2′-fluoro-modified RNA
A10 aptamer (see Sections 5.5 and 6) that selectively recognizes the prostate cancer specific membrane
antigene (PSMA) [55,190]. By systematically changing the composition of the complex, a narrow
ratio between PEG and aptamer could be determined that enabled maximal specific binding to the
target and cellular uptake, efficient drug (in this case the anticancer drug Docetaxel) release, high
antibiofouling properties, and minimized self-aggregation and thus undesired accumulation in the
spleen [190]. A similar approach was also used to selectively deliver a Pt(IV)-prodrug [191], a cisplatin
prodrug [192], and other anticancer drugs [193–195], while dendritic polymers-aptamer systems have
also successfully been used for in vivo [196] and in vitro [197] tumor imaging and drug delivery [198].
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5.2. Micelles and Liposomes Conjugated Aptamers

Liposomes are small spherical and artificial vesicles with one or multiple lipid bilayers and have
already been suggested as potentially highly efficient drug deliver systems at an early stage [199].
Indeed, Huwyler and co-workers already described in the early 1990s the use of liposomes decorated
with monoclonal antibodies to delivery encapsulated tritium-radiolabeled daunomycin in a directed
manner to target cells [200]. This strategy has many benefits including the modulation of the
affinity of the bionconjugate complex by simply changing the ratio of antibodies present on the
lipid bilayer surface along with the impressive quantity of drug molecules (>10,000) that can be
delivered in a selective manner [200,201]. In a more recent study, Ara et al. used liposomes
composed of lipid bilayers that are labeled with an aptamer instead of a monoclonal antibody [202] to
ensure selective cellular uptake [203]. The aptamers were covalently linked on PEG 2000 disteraoyl
phosphotheanolamine and targeted the primary cultured mouse tumor endothelial cells (mTEC).
By application of a standard lipid hydration method, the corresponding aptamer-labeled PEG2000
liposomes and PEG200 liposomes (negative control) were formed. Fluorescent measurements and
confocal laser scanning microscopy showed an increased uptake in mTEX cells of the aptamer-PEG
liposomes compared to the unlabeled liposomes. In vitro experiments revealed that approximately
39% of the aptamer-PEG-liposomes could escape the endosomes in a receptor mediated way followed
by clathrin-mediated endocytosis. Lastly, in vivo experiments with the aptamer-conjugated liposomes
were performed with human renal cell carcinoma (OS-RC-2 cells) inoculating mice using confocal
laser scanning microscopy. These experiments clearly indicated that the aptamer modified liposomes
strongly accumulated (co-localization ratio of 25%) on tumor vasculature compared to non-labeled
liposomes, where a co-localization ratio of only 3% accumulation was observed [203]. In a similar
approach, a 2′-fluoro-modified RNA aptamer against the cancer stem cells (CSC) surface markers CD44
was affixed on the surface of a PEG-functionalized liposome by application of the thiol-maleimide
click reaction [204]. The resulting construct was shown to act as a very efficient potential drug delivery
system due to its high selectivity and specificity for CD44 positive cells.

In a recent study by Plourde et al., the high binding capacity of aptamers served as a driving
force for the incorporation of DOX into cationic liposomes (Figure 6A) [205]. Indeed, different versions
of an anti-DOX DNA aptamer [206] were designed by either adding an additional base-pair on the
binding motif or by including two binding motifs into one construct. Upon intercalation of DOX
into the aptamer its intrinsic fluorescence was quenched and was used to determine both the loading
efficiency and the binding affinity. The drug aptamer complexes were incorporated into cationic
liposomes (d < 200 nM) via electrostatic interactions, where encapsulation of DOX into liposomes was
greatly enhanced (ten times higher) when using an aptamer compared to negative controls without any
specific DOX binding sites. This aptameric-encapsulation was compared to the Doxil-like formulation,
which is a commercialized version of liposomes of DOX that allows the loading of up to 10,000
molecules through strong entrapment but concomitantly reduces the therapeutic efficiency due to
a slow release [207]. The aptamer-based loading strategy offered a number of advantages over the
Doxil-like formulation including similar loading capacity, faster release, and a higher therapeutic
efficiency. Cytotoxicity assays revealed that liposomes with aptamers having an intermediate affinity
(Kd = 334 nM) for DOX exhibited the higher therapeutic effects. The same approach was then extended
to the amphiphilic drug tobramycin used for the treatment of lung infections. It is known that
encapsulation of tobramycin in liposomes increases the in vivo efficacy compared to the free drug.
The low encapsulation efficiency of tobramycin in liposomes is a limiting factor in this approach.
The active loading with an aptamer allowed the encapsulation of up to six times more drug compared
to passive encapsulation. Therefore, the authors reasoned that this strategy could find a broad
application to load a large variety of drugs into liposomes.
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Figure 6. Illustrative examples of aptameric-based systems used as drug delivery systems:
(A) encapsulation of aptamer-drug complexes in liposome [205]; (B) antibody-aptamer pincers (AAPs)
for selective targeting of HER2 and delivery of DOX [208]; (C) streptavidin serves as the core for the
connection of two anti-PSMA aptamers and two siRNA molecules [209]; (D) delivery of the 5-fluorouracil
(5-FU; shown in red) drug connected to an aptamer-oligonucleotide scaffold via a photo-cleavable linker
(shown in blue) [210]; and (E) chemical structures of tobramycin (red) and DOX (blue).

5.3. Aptamer-Drug Conjugates

Aptamers have also been considered to guide drugs directly and selectively to their intended
targets by direct conjugation to the therapeutic agent or through a small linker arm [211]. An early
example of a covalent attachment of a drug on an aptamer is the appendage of DOX on the
sgc8c-aptamer via a short linker. Indeed, the linker was connected to the aptamer by means of
the thiol-ene click reaction and to DOX via a hydrazone moiety. The hydrazone unit was chosen
because of the compatibility with the ketone group found on DOX and a possible hydrolysis in the
acidic environment (pH 4.5–5.5) of endosomes [212]. In vitro tests showed that the administration
of unconjugated DOX exhibited a higher toxicity towards non-targeted cells compared to the
aptamer-DOX conjugate.

In an attempt to overcome low aptamers-drug ratios, Wang et al. synthesized an aptamer
containing multiple copies of 5-fluorouracil (5-FU), a drug against colorectal and pancreatic cancer, via a
photo-cleavable linker in order to spatially and temporarily control the drug release (Figure 6D) [210].
Besides covalent attachment of drugs on aptamers, a few examples of non-covalently attached
drug-aptamer conjugates have also been reported, mainly by intercalation. The benefit of this strategy
stems from the steady increase in loading capacity of the intercalating drug on aptamers with aptamer
vs. drug ratios that improved from 1/1.2 in 2006 [55] to nearly 1/50 in 2013 by the use of self-assembling
dsDNA drug intercalation sites directly appended to the desired aptamers [213].

Most drug delivery systems rely on the presence of a single type of aptamer which results in an
efficient escorting of drugs to the intended target. However, since aptamers are usually obtained by
in vitro selection experiments, small conformational changes of their targets caused by their in vivo
environments might interfere or even impede their binding activities [68,214,215]. A multimeric
aptamer-drug delivery strategy was developed in order to face this potential drop in binding affinity.
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The system consists of two distinct aptamers specific for different cancer subtypes and DOX intercalated
in the double-stranded portions created by the self-assembly of the two aptameric species [216].

5.4. Aptamer-Antibody Conjugate

The conjugation of aptamers with their proteinaceous counterpart antibodies is used to increase
the affinity of the resulting construct for a single target [7]. The rationale behind this strategy is based
on the observation that antibody dimerization causes a decrease in Kd value (caused by lower koff
and higher kon rates) compared to the two individual antibodies [208,217]. This working hypothesis
was validated by an inhibition study of the VEGF-A and PDGF-B signaling pathways [218] as well
as for the fluorescence detection of human CD4 [217]. More recently, Kang and Hah reported a drug
delivery strategy based on the formation of an antibody-aptamer hybrid complex in order to improve
the specificity of the construct for thrombin or the anti-human epidermal growth factor 2 (HER2) as
model systems (Figure 6B). The resulting so-called antibody-aptamer pincers (AAPs) were found to
increase the affinity for thrombin of the conjugate compared to the individual aptamers or antibody
by 35-fold or 100-fold, respectively (Kd value of 567 pM). The DOX loaded AAP constructed with the
anti-HER2 aptamer and antibody was also found to exhibit a 3–6 fold higher cytotoxicity than the
individual antibody DOX conjugate or unconjugated DOX [208].

The conjugation of an aptamer with an antibody (a so-called oligobody) can also be helpful
to overcome both the poor pharmacokinetics for systemic administration of the small aptamers
and the limited tissue penetration of the rather large antibodies (~150 kDa) [219]. The combination
of an anti-cotinine antibody (cot-body) with a cotinine labeled vascular endothelial growth factor
(VEGF) targeting aptamer (cot-pega) led to the formation of an oligobody that exhibited no loss
in affinity to cancer cells compared to the aptamer only, penetrated deep into tumor tissue of an
A549-xenograft mouse model, displayed extended half-life times in serum (t1/2 = 8.3 h) and reduced
tumor growth. All these studies clearly demonstrate the potential of aptamer-antibody conjugates in
anticancer therapeutics.

5.5. Aptamers and Gene Regulating Agents

Aptamers, being of nucleic acid nature, can easily be conjugated to relevant RNA or DNA
sequences (for instance to sgRNA in the gene editing system CRISPR/Cas9 [220,221]) and particularly
to therapeutic oligonucleotides (siRNA, miRNA, or antisense agents) [222–224].

The first siRNA-aptamer conjugate was reported by McNamara et al. who tried to improve
the therapeutic efficacy of siRNAs by constructing a chimera with aptamers as vectors to achieve
targeted delivery [225]. The aptamer-siRNA chimera was constructed to target the cell surface receptor
prostate specific membrane antigen (PSMA) overexpressed in prostate cancer cells via the A10 RNA
aptamer [53], while the delivered siRNA targeted the polo-like kinase 1 (PLK1) and B-cell lymphoma
2 (BCL2) genes, which are overexpressed in numerous human tumors [225]. Upon internalization
and processing of the RNAs by Dicer, the siRNA is directed to the RNAi pathway and silence their
cognate mRNAs which in turn leads to the depletion of the PLK1 and BCL2 survival genes and
ultimately cell death. The benefit of that system compared to chimeras of siRNA with antibodies
is the low immunogenicity of the RNA aptamers and also an increased in vivo tissue penetration
due to the small size. Additionally, it was demonstrated that the genes were only regulated in
cells expressing PSMAs on their surface. Dassie et al. further improved this system by optimizing
both parts of the chimeric species in order to allow systemic administration, which should simplify
clinical applications [226]. The fabrication of the second generation of optimized PSMA-Plk1 chimeras
involved a reduction of the length of the aptamers (from 71 down to 39 nucleotides) to facilitate
chemical synthesis while introduction of 2′ fluoropyrimidines residues in the longer RNA strand
increased serum stability. In addition, the gene silencing activity was enhanced by fine-tuning the
siRNA sequence for Dicer recognition, RISC complex formation, and mimicking endogenous miRNA
precursors. This optimization included the inclusion of a UU 3′-overhang, engineering of a wobble
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base pair, swapping of the passenger and guide strands, and introduction of a short stem loop chimera.
The second-generation chimeras were found to be active at concentration 50-fold lower than the first
generation chimeras and produced a target-specific apoptotic activity [226].

A similar approach was followed in a recent study by Liu et al. where an RNA based aptamer
siRNA chimera was engineered to target PSMAs of prostate cancer (PCa) [227]. The bivalent
aptamer-dual siRNA chimeric system that was used consisted of an anti-PSMA aptamer [228]
connected to an siRNA targeted against the survivin oncogene while the second moiety was composed
of the same aptamer but linked to an siRNA for the EGFR gene. Upon binding to prostate cancer
cells and internalization, the bivalent chimera was divided into the aptamer and the siRNA parts by
digestion of the stem-loops by the Dicer activating RNAi machinery. The siRNAs then inhibited both
EGFR and survivin simultaneously by selective mRNA cleavage and ultimately induced apoptosis.
Both in vitro and in vivo studies revealed that the combination therapy where two oncogenic pathways
are targeted simultaneously is a highly efficient strategy for the eradication of tumor growth and
angiogenesis. In another similar approach followed by Jeong et al., DOX was intercalated into a
multivalent aptamer-siRNA chimera in order to target multidrug resistant mucin1-overexpressing
breast cancer cells (MCF7) [229]. A multimeric antisense siRNA construct was first built by covalent
attachment of about 18 single 3′- and 5′-end dithiolated BCL2-specific siRNA sequences through a
dithio-bis-maleimidoethane linker and by application of the thiol-ene click reaction. The resulting
multivalent template was designed to bind to a chimera comprising a complementary siRNA sequence
(the sense strand) and an anti-MUC1 aptamer for the selective delivery of the siRNA to the intended
target. DOX was loaded on the construct in the double-stranded regions and the subsequent in vitro
tests showed that the DOX-aptamer-siRNA efficiently reduced the viability of the cancer cells after one
day by activating the apoptotic caspase-3/7 and releasing DOX as a therapeutic agent. Compared to
monovalent DOX-aptamer-siRNA or free DOX, administration of the multivalent complex was the
only one that led to a low recovery rate of the cancer cells. The construct thus fulfilled its intended
purposes: selective delivery of DOX and efficient antisense activity.

Wilner et al. targeted the transferrin receptor CD71 (TfR) which is overexpressed in malignant
cells with a liposome labeled with aptamers and loaded with an anti-enhanced green fluorescent
protein siRNA [230]. To achieve specific delivery, they developed a nuclease-resistant aptamer that
was obtained through application of a modified SELEX protocol. Indeed, in the first step of the hybrid
in vitro selection protocol, a traditional SELEX was carried out using 2′-fluoro-pyrmidine NTPs (in
lieu of the natural UTP and CTP) and recombinant hTfR immobilized on a solid support. After the
5th round of selection, a second, “internalization selection”, step was included which consisted of
incubation of the enriched RNA libraries stemming from the different generations with HeLa cells
and extraction and amplification of the RNA molecules internalized by the cells. This ingenious
selection protocol allowed for the isolation of a highly potent RNA aptamer (Kd = 17 nM) that could
efficiently penetrate Jurkat cells and retain its high binding affinity. The selected anti-TfR aptamer
could be engineered into a truncated version (Kd = 102 nM) and was then used to functionalize stable
nucleic acid lipid particles (SNALP) containing the siRNA by connection with a thiol maleimide
linker. Upon internalization of the functionalized SNALPs, an efficient gene knockdown activity was
observed in HeLa cells in vitro, thus providing evidence for the successful activation of the RNAi
pathway of the siRNA.

Paralleling these efforts, an elegant approach for aptamer-mediated siRNA delivery was
developed by Chu et al. in 2006 in which streptavidin served as a tetravalent core to connect two
identical biotinylated anti-PSMA aptamers and two identical biotinylated siRNAs directed against
lamin A/C (Figure 6C). In vitro studies with LNCaP cells overexpressing PSMA showed that the
chimeric construct was internalized within 30 min and that the gene expression was significantly
reduced only when both the siRNA and the anti PSMA aptamers were present on the construct [209].
Control experiments with PSMA-negative PC3 cells demonstrated no cytotoxic effects and no reduction
of gene expression, highlighting the potential of such a set up as a gene therapeutic agent despite
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a potential immunogenicity of the streptavidin adducts which could limit the delivery of such
constructs [231]. The same anti-PSMA aptamer was recently involved in the construction of a
pRNA-3WJ core based system for the specific delivery of a miRNA LNA to LNCaP prostate cancer
cells and to knock down the oncogenes miR17 and miR21 [232]. In addition to the miRNA and
the aptamer, a Cy5 dye was introduced in the framework to follow the in vitro internalization into
cells. The ultra-stable and serum resistant constructs bound to PSMA in an excellent manner at RNA
concentrations as low as 100 nM and were shown to deliver the miRNA specifically to the LNCap cells
but not to PC-3 cells. Systemic in vivo administration to xenograft tumors in nude mice showed that
the aptamer-pRNA-siRNA construct specifically bound to tumor cells with little or no accumulation in
healthy cells. A reduced tumor growth could be found even days post administration without any
indication of toxicity as a result of the specific delivery.

Lastly, aptamers have also been linked to catalytic DNA (DNAzymes [4]) and RNA
(ribozymes [233]) molecules. For instance, a two-step selection protocol was developed to generate
RNA molecules capable of both recognizing and binding to the inteRNAl ribosome entry site (IRES)
of hepatitis C virus (HCV) and cleavage of the genomic viral RNA at a specific location [234].
This selection experiment led to the identification of seven distinct groups of aptamer-ribozyme
chimeras that selectively bound to the intended target (Kd values of ~5–200 nM) and cleaved the
viral RNA with appreciable rate constants (kobs

∼= 0.01–0.04 min−1) [234,235]. Recently, a partial
randomization of the sequence of an isolated aptamer-ribozyme followed by reselection allowed
improving the inhibitory properties of such RNA molecules [236].

In the context of catalytic DNA molecules, a hemin/G-quadruplex (hGQ) horseradish
peroxidase-mimicking DNAzyme [237] was linked to various aptamers specific for certain small
molecules—yielding constructs coined nucleoapzymes—to expand the catalytic repertoire of these
biocatalysts [238]. Particularly, when the DNAzyme was conjugated with DA- and arginine-binding
aptamers, increased yields of oxidation (with multiple turnover kinetics) could be observed with
the respective substrates (i.e., DA and N-hydroxy-L-arginine) compared to the individual functional
nucleic acids.

6. Recent Chemical Modifications of Aptamers

Aptamers are often referred to as nucleic acids antibodies, however the chemical arsenal of DNA
and RNA is rather limited when compared to that of proteins. In addition, unmodified, natural nucleic
acids are highly prone to hydrolytic degradation by nucleases. The possibility of using chemical
modifications in SELEX might help to alleviate these shortcomings [239]. Over the last quarter century,
it was shown by several groups that incorporation of nucleoside triphosphates modified at the level
of the α-phosphate, the sugar scaffold (mainly at the 2′ position), or at the level of the nucleobase
(5 position of pyridines or 7 position of purines) can enhance the target affinity as well as the serum
stability compared to aptamers that are restricted to natural nucleotides. Since the principle of using
modified nucleotides in SELEX is a known strategy that has been reviewed extensively [240–244],
this section will only highlight recent advances in this field.

6.1. Base Modified Aptamers

Gawande et al. recently investigated the influence on the outcome of a selection process when
using a library comprising two amino acid-like 5′-modified pyrimidine bases (dCX 1, dUX; Figure 7)
or a similar population of oligonucleotides but prepared with only one base modification [245].
A systematic study with all the possible pairwise combinations (i.e., 18 different libraries) of dCTPs
equipped with two different side-chains (Nap and Pp) and five different modifications on dUTP
(Nap, Tyr, Moe, Thr, and Pp) to find high affinity ligands for proprotein convertase substilisin/kexin
type 9 (PCSK9) showed that after six rounds of selection, the libraries made with a single dN*TP
were enriched with the modification while libraries prepared with two modifications displayed an
increased content of the modified dCX only. Ligands that showed a high affinity for PCSK9 with
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two modifications were in general more frequent than ligands with only one modification, with the
selection experiments exploiting the combination of Tyr-dU and Pp-dC or Nap-dC performing best.
A synergistic behavior of the two modifications with respect to affinity could be observed in some cases
when compared to aptamers containing only one of the modifications separately. Interestingly, a useful
property of double modified aptamers is the high abundance of the modified nucleotides within the
sequence. It could be demonstrated that this allows truncating the aptamers with a lower loss of
functionality compared to aptamers bearing only one modification. In addition, the serum stability
was higher for SOMAmers with two distinct modification compared to natural or ligands with only
a single modification. Lastly, another favorable property of using multiple modifications is a higher
epitope coverage compared to natural aptamers or ligands containing only a single modification.

With the rationale of using nucleobases equipped with an amino acid-like modification to mimic
the hypervariable domains of certain antibodies where tyrosine is overrepresented, Perrin et al. used a
phenol modified 5′-deoxyuridine triphosphate (dyUTP) [246] to raise aptamers against E. coli DH5α
cells [247]. Despite the lower incorporation efficiency by the Vent (exo−) DNA polymerase of dyUTP
compared to natural dTTP, a relative high abundance of the modified nucleotide (much larger than if
introduced randomly) was found in the ligands obtained and sequenced after 12 rounds of a whole
cell-SELEX. Unexpectedly, sequencing of the enriched library revealed a vast diversity of sequences
that could not be classified into families, thus showing a low abundance of sequence identity. It was
hypothesized that this lack of sequence identity was caused by the vast diversity of targets expressed
on the cell surface of such a bacteria. Analysis of the binding specificity of the four most abundant
aptamers compared with an unmodified aptamer as control for the gram positive cells showed that:
(1) the modification is required for high affinity binding; and (2) that cross-reactivity with other
cell strains was minimal. The apparent dissociation constant of the most promising aptamer was
determined by saturation experiments to be 27.4 nM, which is about 10-fold lower than unmodified
RNA aptamers recently reported for DH5α cells [248].

Minagawa et al. used a base-appended base (BAB) in a 75 nucleotide long modified library
with a 30 mer randomized region to select aptamers against salivary α-amylase (sAA) [249]. Indeed,
replacement of the thymidine nucleotide with a triphosphate displaying an adenine attached to the
C5 position of the nucleobase (dUadTP [250], Figure 7) in the selection protocol led to the isolation of
seven aptamers against sAA with an abundance of over 5% of the enriched pool after eight rounds
of selection. SPR measurements revealed that the most potent aptamer bound to the target with
an affinity of 559 pM, which is sufficient for potential applications as a biosensor of the stress
biomarker sAA [251]. When the selection experiment was carried out in the absence of dUadTP
(only natural dNTPs), no enrichment of the library was observed, further highlighting the usefulness
and the potential of modified nucleoside triphosphates in SELEX. An optimization study of the initial
75 mer aptamer showed that the full-length sequence could be truncated down to a 36 mer species
without inducing a substantial loss of binding affinity. Additionally, imino-proton NMR spectra were
recorded at different temperatures to elucidate the structural properties of the sAA binding aptamer.
This NMR analysis suggested that the imino-protons of the adenine part of dUad were engaged in
additional hydrogen-bonding interactions, thus leading to the assumption that the BAB modification
induced a well-defined and compact secondary structure. Finally, the potential of the selected aptamer
was highlighted with the detection of human sAA in human saliva using capillary electrophoresis,
pull down, and lateral flow assays.

Examples of base-modified RNA aptamers are not as common as for DNA, which reflects
both the lower tolerance of natural RNA polymerases for base-modified NTPs and the restricted
choice of engineered RNA polymerases. Despite these limitations, allyl-amino-UTP (UaaTP) was
used in an in vitro selection experiment aimed at raising an anti-ATP aptamer [252]. More recently,
Kabza and Sczepanski used the same UaaTP to isolate an aptamer against the oncogenic precursor
microRNA 19a (pre-miR-19a) which was converted to its Spiegelmer via solid-phase synthesis using
the L-Uaa-phosphoramidite [253]. The resulting L-RNA aptamer bound its target with a slightly lower
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affinity than its D-counterpart (Kd values of 2.2 and 0.72 nM, respectively) but efficiently inhibited the
Dicer-mediated processing of the miR target (IC50 ∼= 4 nM) in vitro.

Lastly, the Hili laboratory is currently exploring an interesting approach—coined LOOPER
(Ligase-catalyzed OligOnucleotide PolymERization)—for the increase of chemical diversity without
the involvement of dN*TPs and relying on the ligation of base-modified pentanucleotides [254,255].
This strategy was recently expanded to the Darwinian evolution of aptamers against human
α-thrombin [256]. Indeed, a library containing 16 different pentanucleotidic codons (and as many
functional groups ranging from hydrophobic to Brønsted acids and bases) was subjected to six rounds
of SELEX. The most highly represented sequence displayed a remarkable affinity (Kd = 1.6 nM)
and selectivity for its target (no cross-reactivity with BSA) and strictly required the presence of the
modifications for binding. In addition to ablating the need for dN*TPs (and to an extent engineered
polymerases), this strategy allows for the introduction of a broad variety of functional groups and will
certainly be used for the evolution of other aptamers and potentially DNAzymes.

 

Figure 7. Chemical structures of base-modified nucleoside triphosphates used in selection experiments
of aptamers with an expanded chemical repertoire.

6.2. Aptamers with an Extended Genetic Alphabet

Expanding the genetic code from a two- to a three- or even a four-base-pair system is a
long standing goal in synthetic biology since this would enable the creation of functional nucleic
acids with improved properties and ultimately to semi-synthetic organisms with proteins that
potentially display novel structures and/or functions [257]. In this context, Hirao and colleagues
have developed the ex-SELEX (genetic alphabet expansion for systematic evolution of ligands by
exponential enrichment) method where an additional artificial Ds-Px base pair (Figure 8) complements
the two natural Watson–Crick base pairs to isolate aptamers against the vascular endothelial growth
factor (VEGF165) [258,259]. In the ex-SELEX strategy, the hydrophobic base Ds is introduced into
DNA by solid-phase synthesis at predetermined locations and specifically binds to its unnatural
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partner Px in PCR for the amplification of the generations during SELEX. The localization of the
Ds modifications in each sublibrary—a key step in the ex-SELEX protocol—is possible through
the combination of a unique barcode system and replacement PCR. In a new approach aimed at
exploring a larger chemical space, a fully randomized library containing the unnatural base was used
to isolate aptamers targeting the Willebrand factor A1 domain (vWF) [260]. Although the selection
with the randomized additional base in the sequences led to higher affinity ligands compared to the
selection with natural base pairs or the ex-SELEX selection procedure with limited sublibraries, it also
increased the complexity of the system and led to scaling problems. The new complexity and the
possibility of misincorporation of the Ds base during PCR experiments required the introduction of
a novel sequencing method to elucidate the exact location of the Ds modification. The authors took
advantage of the fact that only dATP misincorporated opposite Px by the Taq polymerase but none
of the dye-carrying 2′,3′-dideoxynucleoside-5′-triphosphates were incorporated at these positions,
which led to the formation of a gap in the sequencing peak pattern at the position of the unnatural base.
By comparing the sequencing pattern with that of a clone after a replacement PCR, the exact positions
of the modifications could be inferred. Lastly, both the serum stability and the thermostability of the
anti-vWF aptamers could be enhanced by introducing additional mini-hairpin motifs containing GNA
loops (N = A, G, C or T) [261] without a loss of affinity in both the natural (Kd = 182 pM) and the
modified aptamer (Kd = 61 pM), which thus represents a convenient strategy for the improvement and
construction of functional aptamers [259,262,263].

In the context of an expansion of the genetic alphabet, Benner and co-workers developed a third
base pair dZ-dP (Figure 5) that can be used in SELEX and the related strategy was coined “laboratory
in vitro evolution based on an artificial expanded genetic information system” (LIVE-AEGIS) [264,265].
Initial selection experiments using a 20 nucleotide long randomized library with a nucleotide
composition of T/G/A/C/Z/P ∼= 1.5/1.2/1.0/1.0/1.0/0.5 by solid-phase synthesis and amplified in
the selection rounds Hot Start Taq polymerase in the presence of natural and modified dNTPs led to
the isolation of a high affinity aptamer (Kd = 30 nM) against MDA-MB 231 breast cancer cells [266].
In order to perform deep sequencing of the enriched populations at the end of the LIVE-AEGIS
protocol, a conversion technique was used where the dZ nucleotides were converted into dC and
dT and dP into dA and dG, allowing to assign the positions of the two modifications. Analysis of
the sequence composition showed that only one dZ was present in the most potent aptamer which
additionally lost its binding affinity when the modification was replaced with a natural nucleotide.
The depletion of dZ and dP nucleotides in the isolated aptamer (an average of three dZ and 1.5 dP
would be expected for a 20 nucleotide long sequence) was ascribed to a slight disadvantage of the
modified triphosphates during PCR compared to the natural nucleotides. A similar observation was
made in another study by Zhang et al. using the AEGIS system for cells engineered to place glypican
3 (hGPC3) on their surface where a ligand with only one dZ was found that bound with an affinity
of 6 nM [267]. Analogues without the dZ showed a significant loss in activity again demonstrating
the importance of the modification. The most recent AEGIS-LIVE study by Biondi et al. targeting
the protective antigen (PA63), a cleaved version of the precursor protein PA83 from Bacillus anthracis,
brought forth an aptamer that binds to PA63 and thus blocks the toxin channel by displacing the lethal
factor and finally inhibiting translocation of toxins into infected cell [268]. Analysis of the sequences
stemming from the AEGIS-LIVE selections revealed that no survivor contained a dZ modification but
different dP-containing sequences were isolated [268]. The most abundant sequence of the enriched
pool comprised two dP nucleotides and this aptameric species displayed a very high affinity for PA63
(Kd ~35 nM). This underrepresentation of modifications in the surviving sequences was ascribed to
the conformational constraint imposed by the modified nucleotides. An intensive analysis of the
secondary structure of the aptamer revealed interesting features resembling the formation of a higher
folded structure [269] upon addition of cations that was not described in the literature before and
which was also found to increase the stability against nuclease degradation.
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Other prominent base-modified nucleoside and nucleotide analogs that have not (yet) been
used to generate aptamers with enhanced properties include the DNAM-5dSICS unnatural base pair
(UBP) developed by the Romesberg laboratory and used in the development of a semi-synthetic
organism [270,271], artificial metallo-base pairs [272,273], and nucleotides modified with other
functional groups [125,274–278].

 
Figure 8. Chemical structures of the unnatural base pairs Ds Px and dP dZ used in the expansion of
the genetic code.

6.3. Sugar Modified Aptamers

2′-fluoro-nucleotides (3 in Figure 9) are popular modifications that are often introduced into
aptameric scaffolds to increase their nuclease resistance, a strategy that culminated in the development
of pegaptanib sodium (Macugen®) [25,240]. However, 2′-fluoro-modified nucleoside triphosphates
are rather poor substrates for DNA polymerases which restricts their use in selection experiments
and often require a time consuming reverse transcription in order to convert the 2′-modified
sequences into natural oligonucleotides that can be amplified and then transcribed back into modified
sequences [279]. In order to circumvent these shortcomings, the Romesberg laboratory evolved
a thermostable polymerase that could PCR-amplify oligonucleotides containing 2′-fluoro- and
2′-OMe-nucleotides [280]. This polymerase, SFM4-3, was then recently used in a selection experiment
with 2′-fluorine-modified purine nucleotides to raise aptamers that could bind human neutrophil
elastase (NHE) [281]. With the engineered thermostable DNA polymerase SFM4-3, the need for a
reverse transcription step was ablated which significantly shortened and simplified the selection
process. After six rounds of selection, two aptamers were identified that displayed very high affinity
(Kd = 20–170 nM) for the NHE target, albeit with slightly lower affinity than that of the sequences
that did not contain the 2′-fluoro-modifications (Kd = 11–17 nM). In order to exclude nonspecific
electrostatic interactions of the aptamers with the positively charged HNE, an experiment suppressing
the charges with high salt concentrations (i.e., 1 M NaCl) was performed, where the natural variant of
the aptamers lost its affinity to HNE but the ligand with the 2′-fluoro modification remained bound.
Lastly, 19F NMR experiments revealed that the secondary structure of the aptamer was influenced
by the presence of the 2′-modifications which disfavours duplex formation and therefore allows
the formation of a more soluble species that specifically recognized the target. A similar selection
experiment was carried out to isolate fully-modified 2′-OMe-aptamers by combining an engineered
polymerase and a reverse transcriptase. One particular aptamer, 2mHNE-4, bound its intended target,
human neutrophil elastase, with good affinity (Kd = 45 nM) [282].

Other sugar modifications such as HNA (hexitol nucleic acid 8) [283], LNA (locked nucleic
acid 5) [283], FANA (2′-fluoro-arabinose 4) [284], and TNA (threose nucleic acid 6) [285] have
all been used for the generation of highly potent modified aptamers, while other nucleotides
such as 7′,5′-bicyclo-DNA 9 [286], xylonucleic acids 7 [287], 2′-selenomethyl nucleotides [288],
and 4′thio-DNA [289,290] have recently been suggested as potential candidates to explore new
chemistries in selection experiments (Figure 9) [279,291].
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Figure 9. Chemical structures of sugar and phosphate modified nucleotides.

6.4. Phosphate Modified Aptamers

The possibilities for the modification at the level of the phosphate unit are more limited than in
the case of the sugar and nucleobases moieties and most efforts have focused on the α-phosphate,
particularly α-phosphorothioates [242,279,292–294]. In this context, Yang et al. have explored the
alkylation of phosphorothioated thrombine-binding aptamers (TBA) with aim of improving the
antitumor properties of the ligands by reducing the thrombin binding affinity [295]. Alkylation of
the phosphorothiate moieties was achieved by a simple substitution reaction with four different
brominated substrates (10 to 13 in Figure 9). Previous X-ray [296] and NMR studies [297] of the
TBA showed that the TT or TGT loop of the G-quadruplex structure was responsible for effective
binding. Therefore, the modifications were systematically introduced at these positions. The presence
of the phenyl moiety (12 in Figure 9) was shown to reduce the flexibility of the loop regions through
interaction with nucleobases which resulted in an inhibition of G-quadruplex formation which in turn
is believed to cause a lowering of the binding affinity (Kd = 0.5 μM) for thrombin compared to the
unmodified aptamer (Kd = 0.19 μM). The higher dissociation constants for the aptamers modified with
the phenyl moiety also resulted in a reduction of the anticoagulation properties. The antiproliferation
experiments with the natural aptamers as control revealed that the TBAs with the phenyl modification
exhibited excellent inhibition of the proliferation of about 80% with the lung carcinoma cell line A549
but no activity against the human breast cancer cell line MCF-7.

Substitution of an oxygen atom on the α-phosphate with a BH3 moiety instead of a sulfur atom was
used for the selection of a potent anti-ATP aptamer but no further examples have been reported since [298].

7. Conclusions and Prospects

In view of their impressive functional properties, nucleic acid aptamers certainly deserve
their description as chemical antibodies [25]. The high degree of structural flexibility associated
with an impressive target specificity and selectivity has propelled aptamers into the forefront of
numerous therapeutic and diagnostic applications. Moreover, aptamers are continuously employed in
proof-of-concept studies to further expand the boundaries of the realm of aptamer-based technologies.
Particularly, aptamers have recently started to infiltrate the fields of medical imaging and there is
no doubt that aptamers will mature into valuable and smart imaging agents. In addition, aptamers
commence to be used as tools in neuroscience for the detection of the variation of small concentrations
of various neurotransmitters and abnormal protein folds. Hopes for the in vivo use of aptamers in
neurosciences are spurred by a recent selection experiment of an aptamer for its capacity at penetrating
the blood–brain barrier (BBB) [299] as well as a novel bioconjugation method to polymeric nanoparticles
which has allowed the in vivo BBB passage [300]. Furthermore, due to their chemical malleability,
aptamers can easily be conjugated to small molecules, other nucleic acid oligonucleotides, or larger
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constructs such as antibodies, liposomes, and DNA origamis that undoubtedly will improve their
cellular uptake and help in the development of aptamer-mediated drug delivery systems as well
as biosensing platforms. However, aptamers still suffer from temperature- and nuclease-mediated
degradation and the restricted chemical arsenal available to natural nucleic acids precludes binding to
difficult targets such as single enantiomers of small organic molecules or glycosylated proteins [240,301].
The use of modified nucleoside triphosphates, along with engineered polymerases [291,302] and new
selection strategies [256,285,303–305], will certainly help in alleviating these predicaments.

All the emerging applications described in this Review along with technological and synthetic
progress will certainly improve the limited commercial success of aptamers in the near future.
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Abbreviations

CTC Circulating Cancer Cells
GO Graphene oxide
AFM Atomic Force Microscopy
SELEX Systematic Evolution of Ligands by Exponential Enrichment
PET Positron Emission Tomography
MRI Magnetic Resonance Imaging
DOTA 1,4,7,10-tetraazacyclododecane-1,4,7,10-tetraacetic acid
KD Dissociation constant
XNA Xeno nucleic acid
SPIONs Superparamagnetic iron oxide nanoparticles
NOTA 1,4,7-triazacyclononane-triacetic acid
DNAzyme DNA enzyme or catalytic DNA
SPECT Single Photon Emission Computed Tomography
HER2 Human Epidermal Growth Factor Receptor 2
DOX Doxorubicin
QD Quantum Dot
PEG Polyethyleneglycol
siRNA Small interfering RNA
miRNA Micro RNA
sgRNA Single guide RNA
pRNA Packaging RNA
3WJ Three-way junction
GABA γ-Aminobutyric acid
BSA Bovine Serum Albumin
Aβ Amyloid β
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Abstract: Riboswitches, which are located within certain noncoding RNA region perform functions
as genetic “switches”, regulating when and where genes are expressed in response to certain ligands.
Understanding the numerous functions of riboswitches requires computation models to predict
structures and structural changes of the aptamer domains. Although aptamers often form a complex
structure, computational approaches, such as RNAComposer and Rosetta, have already been applied
to model the tertiary (three-dimensional (3D)) structure for several aptamers. As structural changes
in aptamers must be achieved within the certain time window for effective regulation, kinetics
is another key point for understanding aptamer function in riboswitch-mediated gene regulation.
The coarse-grained self-organized polymer (SOP) model using Langevin dynamics simulation has
been successfully developed to investigate folding kinetics of aptamers, while their co-transcriptional
folding kinetics can be modeled by the helix-based computational method and BarMap approach.
Based on the known aptamers, the web server Riboswitch Calculator and other theoretical methods
provide a new tool to design synthetic riboswitches. This review will represent an overview of
these computational methods for modeling structure and kinetics of riboswitch aptamers and for
designing riboswitches.

Keywords: riboswitch; aptamer; mRNA structure; gene regulation

1. Introduction

Many noncoding RNAs (ncRNAs) have been found to bear important and diverse biological
functions in all domains of life, including catalysis, protection of genomes, and regulation of
cell activities [1–3]. This diversity in biological functions is attributed to the remarkable structure
variety accommodated by RNAs. Riboswitches, which present a fundamental example of ncRNAs,
are involved in cellular regulation through vast structural rearrangement in response to the intracellular
physical signals, such as metabolites [1,4,5] and ions [6–10]. Among previously validated riboswitches,
metabolite-specific riboswitches are the most widespread and the nature of their ligands is well defined
in most cases, except for several “riboswitch-like”, presumably cis-acting, RNA structures for which
no ligand has been found yet [11,12]. In order to function, most riboswitches usually consist of two
domains: a conserved aptamer domain that is responsible for ligand binding, and an expression
platform that converts changes in the aptamer domain into changes in gene expression. In contrast to
these riboswitches, the SMK (SAM-III) riboswitch is the one that can use single domain for both ligand
binding and gene regulation [13–15]. Aptamer domains, which are typically 35~200 nucleotides in
length [16–18], often form a ligand-binding pocket (the aptamer structure) to bind the ligands with
high specificity. To date, according to the aptamer structures (Figure 1), more than 30 riboswitch classes
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have been found in all three kingdoms of life [19–21]. Due to their specificity and function as genetic
regulators, riboswitches represent a novel class of molecular target for developing antibiotics and
chemical tools [22]. Thus, a comprehensive understanding of riboswitches is important to facilitate the
design for riboswitch-targeted drug, molecular robotics, and new molecular sensors.

 

Figure 1. Structural models of aptamers from several extensively studied riboswitch
candidates. The structures can bind their nature ligands, such as S-adenosylmethionine (SAM),
thiamine pyrophosphate (TPP), adenine and flavin mononucleotide (FMN), to form a ligand bound
conformation. Except the SAM-II riboswitch from the Sargasso Sea metagenome [23,24] and TPP
riboswitch aptamer from Neurospora crassa [25], other aptamers are from bacteria. Nucleotides within
helices P1, P2, P3, P4, P5, and P6 found within the bound aptamers, are colored differently. The dash
line denotes the long helix region in the structure of TPP riboswitch aptamer.

The signal-dependent conformational shifts of riboswitches, usually between two distinct
functional states, i.e., ligand bound state and unbound state, regulate the downstream gene expression
(Figure 2). One of the alternative states serves as the genetic off state (OFF state) by forming an
intrinsic terminator hairpin or a repression stem to repress gene expression [26–28]. The other
state acts as the genetic on state (ON state), which induces gene expression by preventing the
formation of these regulatory elements. Riboswitches can also regulate RNA splicing by controlling
the structural flexibility near the relevant splice site [25]. During the regulatory activities, one of the
two structures is adopted by riboswitches, depending on whether the aptamer domain can form the
pocket and bind its ligand on time or not. Therefore, to investigate the regulation mechanism of these
functional ncRNAs, one of the major challenges is the information of the aptamer structure (Figure 2).
In contrast to proteins, a much smaller number of RNA structures have been solved by using the
traditional experimental methods [29], such as nuclear magnetic resonance (NMR) spectroscopy and
X-ray crystallography [15,30]. Sensitive X-ray crystallography must take special care to avoid RNA
aggregation and misfolding prior to crystal formation, and NMR experiments easily suffer from poor
long-range correlations for RNA. These create a great demand to obtain information of RNA structures
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by using theoretical approaches. Up to now, many packages and methods have been developed to
predict RNA secondary structure (two-dimensional (2D)) [31–33], as well as the three-dimensional
(3D) structure for small RNAs [32–38]. These methods can quickly produce structure for a given RNA
based on the input data. Some computational methods, such as RNAComposer and Rosetta [34,35,39],
have been successfully applied to modeling 3D structure for several complex aptamers. As classical
experimental methods may be limited in applicability to RNA [40], these theoretical approaches are
likely to circumvent the bottleneck from experimental methods.

 

Figure 2. Schematic representation of riboswitch behaviors in cells. Nascent chain of the riboswitch
and the ligand are colored red and blue respectively. The green line denotes the ribosome binding
site (RBS) and RNA polymerase (RNAP) is denoted by yellow-green. The structure, structural
changes, and co-transcriptional folding should be investigated for fully understanding the regulation
mechanisms of riboswitches.

Another scientific challenge for the elucidation of the riboswitch function is to model aptamer
kinetics, which is intrinsic to folding and conformational switching. Traditional molecular dynamics
(MD) simulations [41,42], are able to provide a direct link between structure and dynamics.
Nonetheless, due to the extreme complexity of force fields, a large number of atoms and a high
number of degrees of freedom in RNA molecules, the detailed all of the atom simulations are difficult
to produce trajectories in the time frame relevant for function of aptamers, which usually need to
undergo large structural changes for purposes. Coarse-grained structural model with a less exhaustive
representation is therefore particularly efficient to deal with these problems [43,44]. For example,
the folding kinetics of pbuE [45], addA, and SMK riboswitch aptamers [43,46], have already been studied
by using the coarse-grained SOP model. Another efficient alternative based on coarse-grained model
is to investigate the kinetics of RNA 2D structure [47,48], which can also capture enough detail to
understand the functions of aptamers.

Like protein, which can fold as soon as the N-terminal part emerges from the ribosome
(co-translational folding) [49], nascent RNA also folds spontaneously as the nucleotides are
synthesized by RNA polymerase in living cells (co-transcriptional folding) [50]. As riboswitches fold
co-transcriptionally, folding patterns of the aptamer domain can direct the folding of the downstream
expression platform. In fact, since many riboswitches regulate transcription, ligand binding can only
occur during transcription for these to control gene expression [26,51–53]. Hence, the co-transcriptional
folding kinetics is crucial for understanding the intracellular function of aptamers. Besides the
optical-trapping assay and other experimental approaches [28,50,54], the kinetic Monte Carlo (MC)
method was used to study the co-transcriptional folding of riboswitches [55], but it only considered the
base pairing interactions closed in the native structures. By combining the master equation and the free
energy landscape, BarMap and the helix-based computational methods have been applied to modeling
the co-transcriptional folding behaviors for several riboswitches [56–60]. The results suggest that the
aptamer domain folds into the pocket structure as soon as the nucleotides are transcribed [57,58],
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while the riboswitch without a separate aptamer domain is more likely to form an alternative structure
instead of the pocket during the transcription [56]. These computation models, which can predict
stable and metastable structures, kinetics, and transition states, bridge the gap in understanding the
relationship between the structure and biological function of aptamers. Furthermore, computational
RNA design has also made a great progress to construct synthetic riboswitches by using different
strategies [61,62]. Here, we will provide a collection of these computational methods for modeling the
structure and kinetics of aptamers, and for designing riboswitches.

2. Computational Method for Predicting Aptamer Structures

Since the structure of RNA determines its biological function, a complete understanding of the
aptamer structure is the necessary prerequisite to understand the riboswitch-mediated regulation
processes in the cell. RNAs fold into complex structures; the linear ribonucleotide sequence is the
determinant of base-pairing interactions (2D structure), which in turn, determines the spatial shape
(3D structure). Since most computational methods use the input of 2D structure to produce the RNA
3D structure [29,32,63], the precise prediction of 2D structure becomes more and more important.
Early computational approaches for predicting RNA 2D structure (e.g., RNAfold [64]), only find the
structure with the lowest free energy for a given RNA. As the functional structure may not be the one
with the lowest energy, methods such as mfold and RNAsubopt [31,65] are developed to predict a set
of low-energy structures. Other prediction methods, such as PPfold and RNAalifold [66,67], are based
on evolutionary considerations. For a given aptamer, these methods can quickly produce 2D structure
and the free energy. The methods for the modeling structure do not consist of a process that assumes
co-transcriptional folding. Recently, RNA 2D structure prediction has been reinforced by incorporating
the constraints from the experiments [65].

2.1. RNAComposer

RNA 2D structure is a crucial step in the functional characterization, but a thorough understanding
of aptamer functions depends critically on the 3D structure, which is the key determinant of their
interactions with ions and other molecules in cell. Based on the 2D structure tree graph representation
and homology of structural elements, the RNAComposer method (Table 1) was developed to
automatically predict the 3D structure for large RNAs [29]. As a knowledge-based method, it uses RNA
sequence and 2D structure topology in dot-bracket notation as an input for 3D structure prediction
(Figure 3). In this notation [64], unpaired nucleotides and the nucleotides that are involved in base
pairs are represented by dots and brackets, respectively; square brackets and curly brackets refer
to first-order pseudoknots and higher order structures, respectively. Although the input RNA 2D
structure can be obtained by using the methods that are incorporated within the RNAComposer
system: RNAfold, RNAstructure, and Contrafold, experimentally adjusted 2D structure is able to
largely improve quality of the prediction [39].

The input RNA 2D structure first is divided into stems, loops, and single strands in the program.
3D structure elements corresponding to these fragmentations are searched within the structure elements
dictionary, which is tailored from the RNA FRABASE database and consists of a 3D structural element
with good structural properties [68]. After the searching process, the 3D elements whose heavy-atom
root mean square deviation (RMSD) is lower than 1.0 Å relative to the parent PDB structure, are selected
according to the 2D structure topology, sequence similarity, and so on. By merging the selected
3D structure elements, the initial RNA 3D structure is obtained, and then refined by the energy
minimization in the torsion angle space and Cartesian atom coordinate space to get the final 3D
structure. RNAComposer has been used to accurately build the 3D structure of several complex
riboswitch families [39], such as FMN riboswitch aptamer, TPP, and purine riboswitch aptamers. It is
offered at two sites: http://rnacomposer.ibch.poznan.pl and http://rnacomposer.cs.put.poznan.pl.
By typing the 2D structure of THI riboswitch aptamer in Figure 3 on the website [69], the related 3D
structure will be released in PDB formatted file to users within 10 s. RNAComposer is automated,
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efficient, especially suited for RNA 3D structure prediction of large RNAs, but it highly depends on
the 3D structural elemental dictionary, and the applicability of the method is limited to RNAs with
a few complex kink turn motifs.

Figure 3. Three-dimensional (3D) structure for THF riboswitch aptamer (PDB code: 3SD3) predicted
by using RNAComposer program online.

2.2. Rosetta and Discrete Molecular Dynamics

RNAComposer is motif library-based, while Rosetta is a fragment-based method that is available
online [35]. In the Rosetta approach, according to the RNA 2D structure and the experimental
proximity mapping data, low-resolution models are generated by using Fragment Assembly of RNA
(FARNA) [34], where models are assembled using RNA fragments from a crystallographic database
via a MC algorithm. The Rosetta all-atom energy function is then used to minimize a small number
of the low-resolution models with the lowest Rosetta energy scores. To select a representative set
of 3D models, the largest and lowest-energy subsets of models that fall within a certain RMSD
threshold of each other are collected to reflect the native fold of the RNA. Taking the aptamer from
Fusobacterium nucleatum double glycine riboswitch as an example, the Rosetta 3D modeling can give
a similar prediction as RMdetect and JAR3D [70–73].

Table 1. Methods which have been used for modeling 3D structure for aptamers.

Methods Description Availability Reference

RNAComposer A motif library-based method that uses the dictionary tailored from
RNA FRABASED database to build initial 3D structure. Web server [39]

Rosetta A fragment-based method that uses FARFAR optimizes RNA
conformations in the context of a physically realistic energy function.

Local
installation [72]

RMdetect A bioinformatics tool for identifying known 3D structural modules on
genomic sequences.

Local
installation [73]

JAR3D Scoring sequences to motif groups based on sequences’ ability to form
the same pattern of interactions in motif. Web server [70]

RAGTOP Predicting RNA topologies by a coarse-grained sampling of 3D graphs
guided by statistical knowledge-based potentials.

Not available
online [74]

iFoldRNA Incorporating SHAPE into discrete molecular dynamics to predict
RNA structure. Web server [75]

Also, starting from 2D structures, a hierarchical computational approach (RAGTOP) was modified
to predict 10 representative riboswitch aptamers with diverse structural features [74], by combining the
coarse-grained graph sampling approach [76]. Through integration of computational and experimental
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methods, a three-bead coarse-grained model of RNA for discrete molecular dynamics simulation have
gotten precise 3D structure predictions for the M-box riboswitch and TPP riboswitch aptamers [77],
and for RNA in the range of a few hundred nucleotides [40]. In this coarse-grained model, each RNA
nucleotide is represented by three beads corresponding to the base, sugar, and phosphate groups.
The potential terms includes bonded, non-bonded interactions, and additional potential terms based
on the experimental hydroxyl radical probing data. This method uses RNA sequences and base pairing
as inputs to generate structures, and then applies replica exchange simulations with the potential
to find a representative structure. Based on this method, the web server iFoldRNA was created for
prediction of RNA 3D structure [75].

The 3D structures of aptamers modeled by these approaches suggest that the aptamer domains
often form a compact structure involving many complicated tertiary interactions. Since the entire
prediction of these approaches depends on the input data, the correct 2D structure is critical for the
accurate 3D structure modeling. Experimental data provides powerful constraints to reinforce 2D
structure prediction, but these methods currently can only achieve subhelix-resolution accuracy or
near-atomic accuracy for RNAs.

3. Computation Model to Characterize Structural Changes in Aptamers

A key event in the biological function of riboswitches is the structural change within the aptamer
domain. This change can lead to a change of the folding pattern within the expression platform,
thereby directly modulating the gene expression. For effective flipping of riboswitches, the structural
change of aptamers must be achieved within the certain time window. Therefore, characterizing
the structural changes of aptamers is also important for fully understanding their function in the
cell. The conventional all atom MD simulation has been widely used to describe the time-dependent
motions of biological molecules [78]. However, even though modern parallelization of MD simulation
is able to model trajectories on the order of milliseconds, it still fails to address the majority of
biological processes, including folding or unfolding of aptamers that occur on much longer timescales
(in seconds). In order to model time-dependent structural changes of aptamers, an effective solution is
to use a coarse-grained structural model.

3.1. The Master Equation Approach

The master equation approach or kinetic MC method based on coarse-grained system [79–81],
namely RNA 2D structure, is advantageous for accessing behaviors at long time scales, even minutes
or hours [80]. In the master equation approach, structural changes are usually modeled on the
RNA energy landscape, which specifies the conformation space and the transition rates between
conformations. For a given RNA, the conformation space is sampled by all of the possible 2D structures
that are constructed by using the formation or disruption of an entire helix as the elementary step
to allow for large structural changes. Their free energies can be calculated using the Turner energy
parameters [82,83]. The transition rates between states are obtained based on the free energy landscape
analysis [48,80,81]: (1) formation; (2) disruption of a helix; and, (3) helix formation with concomitant
partial melting of a competing helix. With these key concepts, the folding process can be described by
the master equation:

dpi(t)/dt = ∑
i �=i

[kj→i pj(t)−ki→j pi(t)] (1)

where pi(t) is the population of state i at time t and ki→j is the transition rate from state i to state
j. This computational method which integrates RNA 2D structure with the static energy landscape,
provides a basic idea to predict the folding kinetics of the Hepatitis delta virus ribozyme and SMK

riboswitch [56,80].
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3.2. Coarse-Grained SOP Model

Besides these approaches, the coarse-grained SOP model using Langevin dynamics simulation can
also be used to study the kinetics of RNA molecules by characterizing the folding landscape [43,45,46].
Actually, many complex biological processes, such as unfolding and refolding of various RNA and
proteins [44,84,85], are described with great success by using the SOP model. In this coarse-grained
model, each nucleotide, as well as the ligand, is represented as a single site. The total potential energy
of the bound aptamer is

VT = VAPT + VAPT−L (2)

where VAPT is the energy function of the aptamer; and, VAPT−L is the interaction between the ligand
and the aptamer. The dynamics of the system can be simulated by using Brownian dynamics or the
Langevin equation in the overdamped limit. During the force ramp simulation, the 5′-end of RNA is
attached to a spring pulled with a constant speed, while the 3′-end is fixed. The free energy profiles
are obtained using

Gz = −kBT ln P(z) (3)

where kB and T are the Boltzmann constant and temperature, respectively; and, the probability P(z) of
the extension between z and z + dz, is calculated from the folding trajectories. Based on the theory of
mean first-passage times [84], the transition rate between two folding states can be calculated from the
time traces of the extension.

The kinetics of the SAM-III and addA riboswitch aptamers have been successfully studied
with this approach [43,46]. As the crystal structure of pbuE riboswitch aptamer is not available,
its atomic structure is produced via conformational sampling with MD by substituting the sequence
of pbuE aptamer into the crystal structure of addA aptamer (PDB code: 1Y26), when considering the
structural similarity between the two aptamers. But despite this structural similarity, their folding
behaviors are different in the pulling simulation [43,45]. In addA riboswitch aptamer (Figure 1),
the unfolding occurs in the order of F → P2|P3 → P3 → U, while the unfolding order of pbuE aptamer
is F → P2|P3 → P2 → U, where F and U denote the fully folded state and unfolded state, respectively;
Pi is the hairpin structure with helix Pi; P2|P3 denotes the state with helices P2 and P3. The different
unfolding order of P2 and P3 in the two aptamers suggests that the riboswitches carry out different
regulatory activities in bacteria, even though they belong to the same class. Helix P3 in pbuE riboswitch
is unfolded ahead of helix P2, because of its unstability. This can explain why helix P3 is disrupted
in OFF state of pbuE riboswitch but keeps folded in that of addA riboswitch [28,86]. Due to this
greater conformational change in pbuE riboswitch, its OFF state can hardly transit to the aptamer
structure, implying an irreversible kinetic riboswitch [57]. On the contrary, addA riboswitch is able to
quickly reach equilibrium between the OFF state and the aptamer structure, which is consistent with
a reversible thermodynamic switch [28]. The different unfolding kinetics of the aptamers under force
thus can provide the information of their function.

4. Methods to Predict the Structure Transitions during Transcription

RNA folding occurs in two different ways [87]: (i) folding after synthesis of the entire RNA
molecule (refolding); and, (ii) sequential folding occurs during transcription, namely co-transcriptional
folding. In vivo, most RNAs fold co-transcriptionally, due to the sequential nature of RNA
synthesis. The sequential folding during transcription is crucial for riboswitches, especially the
kinetic riboswitches, to exert their regulation. Since kinetic switches are trapped in one state depending
on whether the trigger is present at the time of folding, the mechanism of their function can only be
understood in the context of co-transcriptional folding. For example, the full length pbuE riboswitch
quickly folds to OFF state, which hinders adenine binding, while the aptamer structure that is
responsible for ligand binding is not observed [53,57]. However, as nucleotides of the aptamer
domain are transcribed first, the sequential folding may allow for the aptamer to form the pocket and
bind to the ligand before formation of OFF state during transcription. Thus, the co-transcriptional
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folding kinetics of aptamers during transcription plays an important role for understanding their
function in living cells.

In the case of co-transcriptional folding, as the RNA chain grows, the whole transcription process
can be divided into a series of transcription steps [48,57,59], with each corresponding to adding one
nucleotide. RNA folding kinetics within each step is modeled on the energy landscape as a certain RNA
chain. But a link between two consecutive steps should be constructed due to the sequential folding in
the transcription context. Based on this idea, the BarMap approach and helix-based computational
approach have been developed to investigate the folding behaviors of several riboswitches under
different transcription conditions [56–58,88].

4.1. BarMap

The BarMap approach integrates RNA 2D structure with the dynamic energy landscape to explore
co-transcriptional folding kinetics [59]. The main idea of this approach is to model RNA kinetics on
individual landscapes, where external triggers are considered as discrete changes. For successive
kinetic simulations, a map between states of adjacent landscapes is computed to define the transfer of
population densities.

In the case of transcription, the folding is treated as a process on a time-varying landscape in this
approach. For each RNA elongation step, an energy landscape is first computed using the barriers
program, which can simulate RNA folding kinetics [89,90]. Then, BarMap constructs a map between the
landscapes of two successive steps, as shown in Figure 4a. According to this map, the final population at
the previous step can be mapped to the initial population on the landscape at the current step. Finally,
starting with the first landscape with more than one state, RNA folding kinetics can be simulated by the
treekin program [59], which integrates the master equation for arbitrary times through calculating the
matrix exponential. The amount of time t on a particular landscape corresponds to the elongation time
of the polymerase. Co-transcriptional folding behaviors of RNAs can be obtained from the relationship
between the population density and the transcription step that is given by the approach.

The BarMap approach has been used to study the RNA thermometer, RNA refolding during pore
translocation, and co-transcriptional folding [59,88]. The effects of transcriptional pause sites, transcription
rates and ligand concentrations, can easily be included in the approach by specifying the amount of time
t and changing the binding energy added to all of the ligand-competent states, respectively. Using the
example of a recently designed theophylline-dependent RS10 riboswitch, the BarMap approach predicts
the folding behaviors in good agreement with experimental observations [88].

4.2. The Helix-Based Computational Method

In helix-based computation model [60], the folding time window for each RNA elongation step
also depends on the time required for RNAP to transcribe the relevant nucleotide. At each step,
the population kinetics is calculated in the same manner as the refolding kinetics that are calculated
in the master equation approach [48,60]: first, the conformation space is generated and the transition
rates are calculated; then, the population relaxation within the folding time window is described with
the master equation, where the initial population at the current step is determined by the folding
results of the previous step. Based on possible structural changes as the RNA chain is elongated by
one nucleotide, a link between the initial population distribution at the current step and the final
population distribution at the previous step is constructed in Figure 4b. Like the BarMap approach,
the effects of the transcription speed, transcriptional pause, and ligand concentration can be mimicked
by modifying the folding time window for each step and the binding energy in this method.

The helix-based computational method has been used to explore the regulation mechanisms
of several well-studied riboswitches, such as pbuE [57], SMK [56], metF, and yitJ riboswitches [58].
The results show an excellent agreement of predicted trajectories with that from experiments and
other methods [50,55,91]. The folding behavior of addA riboswitch aptamer, as shown in Figure 5,
suggests that as the chain grows, the nascent RNA chain folds through a series of discrete intermediate
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states (from S0 to S5). When the first 25th nucleotide is transcribed, the open RNA chain S0 begins
to form structure S1, which is replaced by S2 from step on 32. As the 49th nucleotide is free to form
structures, S3 is formed and occupies most of the population till the 59th step. From step on 59,
S3 begins to transit to S4. When helix P1 can be nucleated, the chain folds into S5.

 

Figure 4. Relationship of landscapes in the BarMap approach (a) and structures in the helix-based
computational method (b) between two adjacent steps. In (a), there are three types of events in landscapes:
(i) A one-to-one correspondence between two minima (right); (ii) A two-to-one correspondence (left); and,
(iii) a new local minima (marked by *) appears in the landscape at step N + 1. In (b), the triangles and red
dots denote the newly transcribed nucleotide at step N and N + 1, respectively. For structures belonging
to the first three types, their initial population at step N + 1 “directly inherit” from step N, while for type d,
the initial population of the structure at step N + 1 is zero.

This aptamer domain can fold into the pocket S5 as soon as the relevant nucleotides are transcribed
(Figure 5a,d), which has also been found in pbuE [57], yitJ, and metF riboswitches [58]. During the
refolding process (Figure 5b,e), the entire molecule folds into S5 mainly through structure I and S3.
Although the refolding pathway is different from the co-transcriptional folding pathway, the aptamer
domain also can form S5 within 0.1 s, implying that the aptamer domain is highly evolved. In contrast
to these riboswitch aptamers, the SAM-III riboswitch, which utilizes a single domain to exert functions,
quickly folds to ON state instead of the pocket (OFF) structure (as shown in Figure 1) under both the
transcription context and the refolding condition (Figure 5) [56]. This thermodynamic switch is not
sensitive to co-transcriptional folding kinetics, so it can be understood by the equilibrium properties.
The co-transcriptional folding pathway of addA aptamer is similar to that of the pbuE aptamer [57],
possibly because of the conservation within the aptamer domains. For many riboswitches, since the
expression platforms are required to form a terminator or a repression stem [1,4], their sequences could
be helpful to decipher the different folding intermediates as well.

Previous studies suggest that transcriptional pause plays a key role for riboswitches and
other RNAs to exert function [92–95]. The major transcriptional pause sites found within several
riboswitches are located immediately after the aptamer domains [51,86,96]. As the time window
that is allowed for ligands binding is limited during transcription, the pauses in these regions
can give the aptamers extra time to bind to the ligands but prevent the unbound functional states
from being formed. Their effects have been assessed by the helix-based computational method and
experimental approaches [51,57,58,93]. The results from the helix-based computational method suggest
that removing the pause sites leads to a demand for an even higher ligand concentration to trigger the
switch [57,58].

The good agreement of the results from these theoretical approaches with the experiments and
other methods implies that they provide a reliable tool to understand the function of aptamers in
the riboswitch-mediated gene regulation. However, all of these approaches based on 2D structure
prediction ignore tertiary interactions and the effects of ions. Although the ligand binding can
be mimicked by modifying the binding energy from experiments, the 2D structure model still
cannot precisely predict the ligand–RNA interactions. Hence, there is a significant requirement
in incorporating these factors to fully understand the function of riboswitches.
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5. Computation Design for Synthetic Riboswitches

Artificial riboswitches established recently demonstrate that they can be used as a new tool for the
drug-regulated expression of viral genes [97]. To design artificial riboswitches or other RNA devices
for industrial and medical applications, different computation strategies have been developed over
the years [62,98–102]. Based on a biophysical model of translation initiation, a web server called
Riboswitch Calculator can be used to design synthetic riboswitches form various RNA aptamers [62].
In this model, a riboswitch is considered as a long mRNA molecule. The interactions of RNA–RNA,
RNA–ribosome and ligand–RNA, control the translation initiation rate, which can be calculated as:

r = exp(−βΔGtotal) (4)

where β, ΔGtotal are the apparent Boltzmann coefficient and total energy change between mRNA and
initiating 30S ribosomal subunit. The energies of RNA folding and the ribosome binding to mRNA are
calculated using the ViennaRNA suite and RBS Calculator [64,103], respectively.

Riboswitch Calculator provides a useful tool to design translation regulating riboswitches.
The four inputs are necessary for the design: the sequence and structural constraint of an aptamer,
the ligand binding energy, and the protein coding section. These inputs are used by the optimization
algorithm to generate an initial set of riboswitch candidates. Rounds of random mutations, evaluation,
selection, and recombination are performed using these candidates. The biophysical model calculations
are employed for the fitness evaluation to select the candidates that meet the objective function
requirements, such as reaching targeted translation rates in OFF and ON states. The selected candidates
will be sent back for the next round to find the riboswitch candidates with the highest fitness.

Transcription regulating riboswitches can also be designed by using the computational
method [61]. The design algorithm used the aptamer with the known sequence and secondary
structure. When considering the terminators always with a minimal size and the U stretch, sequences
with lengths between 6 and 20 nucleotides are randomly generated to create a spacer database.
The following step is to generate the sequences that are complementary to the subsequences of
the 3′ part of the given aptamer. With these terms, a riboswitch candidate can be created by
concatenating the aptamer, a spacer, a complementary sequence, and the U stretch. Using the RNAfold
program [64], these candidates are evaluated by the folding simulations to select the elite members.
A theophylline-specific riboswitch that is generated by this approach can activate transcription on
binding of the target ligand [61].

These computational methods can be applied to constructing synthetic riboswitches, but the
evaluation of synthetic riboswitch candidates is based on thermodynamic calculations in both of the
approaches. Besides the above approaches, other methods that use different strategies are developed
to design RNA devices recently [99–101,104]. It is known that co-transcriptional folding kinetics is
fundamental to the action of functional RNAs in cell. However, it is not well incorporated into these
methods, possibly because of the complexity of co-transcriptional folding. Although the transcription
context may pose a serious challenge in the quest for designing RNA devices, these methods have
made a great progress in the development of computational methods for designing RNA devices.

6. Conclusions

Since functions of biological molecules are determined by the formed structures, precise structure
precondition is crucial to a complete understanding of many RNA-mediated processes, such as the
regulation activities of riboswitches. Two domains of riboswitches, namely, the aptamer domain and
the expression platform, often share nucleotides. The aptamer domain usually needs to form a unique
ligand-binding pocket for specifically binding its ligand, which in turn, locks the conformation of
the aptamer domain and directs the folding of the downstream expression platform. However, if the
aptamer fails to bind its ligand, part of the nucleotides within the aptamer domain will pair with
the nucleotides within the expression platform to form an alternative structure. For the riboswitches

110



Int. J. Mol. Sci. 2017, 18, 2442

with one single domain, conformational change induced by the ligand binding would result in the
formation of the structure that is different from the unbound functional state.

As structural changes within the aptamer domain produce a substantial change in the gene
expression, it therefore demands to characterize structure and kinetics of aptamers for a thorough
understanding of the riboswitch-mediated regulation. Given the fact that most aptamers have been
extensively studied experimentally, yet they are not well characterized in some aspects. In the
last several decades, many computational methods have been developed to investigate aptamers.
One primary concern for aptamers is to precisely model the structure that is responsible for ligand
recognizing and binding. Effective approaches, such as the motif library-based and fragment-based
methods, have made significant progress in 3D structure prediction by integrating knowledge-based
algorithm with experimental data or physics-based model. However, 3D modeling for aptamers and
other large RNAs has not achieved a consistent atomic accuracy and the data may not enable statistical
meta-analysis currently. Most of them are not suitable for predicting the 3D structure for highly
complex RNAs. Furthermore, RNA chaperones may play a role in RNA folding [87,105,106], which are
not considered in the model. High quality 3D structure prediction may require more experimental
mapping data and significant human insight to build accurate models. Further advancements may
hold great promise for making progress toward the goal.

Another important issue for aptamers comes from describing their great structural changes.
Modern parallelization of MD simulation largely improves the computation efficiency, but it still
cannot address the structural rearrangements of aptamers that occur on a seconds’ timescale.
The coarse-grained SOP model and other computational methods have been applied to characterizing
the kinetics of several riboswitch aptamers with great success. These demonstrate that the
coarse-grained structural model, which enhances the conformation sampling, can be used to study the
large scale conformational fluctuations of RNAs.

Also based on the coarse-grained structural model, a number of computational methods, such
as RNAkinetics [107], Kinefold [108], and COFOLD [47] are developed to simulate co-transcriptional
folding pathways of mRNAs from the early 1980s when key experiments show that structure formation
happens co-transcriptionally [109]. In order to investigate the riboswitch-mediated regulation
mechanisms, ligand binding should be taken into account. By incorporating the effect of ligand
binding, the BarMap package and helix-based computational method have been successfully used to
predict the co-transcriptional folding for several riboswitches. The application of these approaches
in riboswitches implies that the 2D structure model can capture enough details of their behaviors in
living cells.

Since conformational changes in aptamers can be induced by ligands, some other theoretical
approaches focus on the prediction about interactions between ligands and aptamers or other
features [110–112]. In recent years, computational methods for designing riboswitches have also
made excellent progress in synthetic biology. As discussed above, several notable limitations of these
computational methods still exist. Continuing developments in computational and hybrid methods
are expected to overcome these limitations.
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Abbreviations

ncRNA noncoding RNA
SOP Self-Organized Polymer
MC Monte Carlo
FMN Flavin Mononucleotide
SAM S-adenosylmethionine
TPP Thiamine Pyrophosphate
NMR Nuclear Magnetic Resonance
MD Molecular Dynamics
RNAP RNA polymerase
RMSD Root Mean Square Deviation
FARNA Fragment Assembly of RNA
RAGTOP RNA-As-Graph-Topologies
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Abstract: Aptamers are short nucleic acid sequences capable of specific, high-affinity molecular
binding. They are isolated via SELEX (Systematic Evolution of Ligands by Exponential Enrichment),
an evolutionary process that involves iterative rounds of selection and amplification before
sequencing and aptamer characterization. As aptamers are genetic in nature, bioinformatic
approaches have been used to improve both aptamers and their selection. This review will discuss the
advancements made in several enclaves of aptamer bioinformatics, including simulation of aptamer
selection, fragment-based aptamer design, patterning of libraries, identification of lead aptamers
from high-throughput sequencing (HTS) data and in silico aptamer optimization.

Keywords: aptamer; simulation; in silico selection; molecular dynamics; fragment based design; HTS

1. Introduction

Aptamers are short nucleic acid sequences capable of specific, high-affinity molecular binding [1,2].
Aptamers are isolated via SELEX (Systematic Evolution of Ligands by Exponential Enrichment)
(Figure 1), an evolutionary process in which successive rounds of selection and amplification are
used to enrich an aptamer library for high affinity aptamers. Aptamers are among the simplest of
genetic entities, having both genotypic and phenotypic properties and being capable of heredity in
an in vitro selection experiment. Their combinatorial complexity poses many questions and problems
that are well suited to computational analysis. Many computational approaches have been applied
to aptamers, bringing together different disciplines and technologies. This review encompasses
a broad range of aptamer bioinformatics approaches including simulation of aptamer selection,
aptamer selection by molecular dynamics, patterning of libraries, identification of lead aptamers from
high-throughput sequencing (HTS) data, and in silico aptamer optimization. We aim to describe and
contrast these methods so that aptamer scientists might make use of the diverse array of bioinformatics
resources available.
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Figure 1. The SELEX (Systematic Evolution of Ligands by Exponential Enrichment) cycle. SELEX
starts with a random nucleic acid aptamer library which is used to initiate the SELEX cycle (top arrow
entering cycle). The library is incubated with the target and the target is washed to remove and discard
unbound aptamers (right arrow exiting cycle) before the bound aptamers are eluted and amplified by
PCR. The amplified sequences seed the next round of SELEX. Typically, around 12 SELEX cycles are
performed before sequencing and aptamer characterization (left arrow exiting cycle).

2. Simulation of Aptamer Selection

Aptamer selection is complex. Complexity is found in both the myriad of experimental parameters
and the combinatorial complexity of nucleic acid libraries. McKeague et al. performed a statistical
analysis of 492 SELEX experiments, investigating experimental parameters such as choice of target,
selection template, pH, and temperature [3,4]. Specific parameters were shown to have a significant
effect on the dissociation constant of the tightest binding aptamers [4]. This information is valuable
to aptamer scientists, but is limited to routinely disclosed experimental parameters. Many useful
experimental parameters are not routinely disclosed, such as mutation rate, target concentration per
selection cycle, recombination techniques and the inclusion of novel unnatural bases. An exhaustive
empirical analysis, involving SELEX with sequencing of every round, is limited further by the
combinatorial complexity of nucleic acid libraries, which contain ~1015 sequences in an initial aptamer
library pool [5]. Empirical analysis of anything close to this number of library members is simply not
feasible. To investigate the experimental parameters of aptamer selection, simulation has been used.

In 1991, SELEX was first simulated using a program named SELEXION (Systematic Evolution
of Ligands by Exponential Enrichment with Integrated Optimization by Non-linear Analysis) [6].
SELEXION was first used to reconstruct bacteriophage T4 DNA polymerase gp43 SELEX
experiments [2]. A library of eight random RNA bases underwent eight rounds of SELEX comprising
ligand binding, partitioning, and amplification. Ligand binding was modeled using a kinetic
mechanism between target-protein and all aptamer ligands that reach equilibrium, stated by
Irvine at al. [6] as follows:

(Pf) + (RNAfi)
k+i−−→
←−−

k−i

(P : RNAi) i = 1, . . . n,

where (Pf) was the free protein concentration, (RNAfi) was the free RNA species of i concentration,
(P: RNAi) was the protein-RNA species i complex concentration, k + i was the rate constant for
association of free protein and free RNA species i, k − i is the rate constant for dissociation of
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protein-RNA species i complexes, (P: RNAi) was the protein-RNA species i complex concentration,
and n is the number of RNA sequences with a unique set of rate constants [6]. Partitioning efficiency
for the reconstruction was set to 80% of bound aptamers and 0.1% of unbound aptamers. Amplification
of partitioned aptamers involved reverse transcription to cDNA and PCR amplification before
library generation using transcription. The experimental parameters of the gp43 selection [2] were
reconstructed and underwent simulation as a proof of principle for SELEXION [6]. These simulations
indicated that the equilibrium mechanism proposed above for SELEX was sufficient to explain the high
levels of enrichment after just a few rounds observed in the laboratory experiments. Following the
reconstruction simulation of the gp43 selection, several properties were investigated using SELEXION
including predicted enrichment under different conditions, optimal protein concentration when
dissociation constant (KD) estimates are known, near-optimum protein concentration with no estimate
for KD, determination of sufficient protein concentration with no estimate for KD or background,
likelihood of SELEX success, and finally sequence representation in the random library pool [6].
SELEXION took a thorough approach to modeling ligand binding. However, a possible shortcoming
would be the determination of aptamer properties such as KD. The binding affinities in terms of KD

were distributed without reference to aptamer sequence. For the reconstruction there were just five
unique KD values for all 65,536 unique aptamers in the initial library.

In 1998, Irvine et al.’s work [6] was extended and the program MultiSELEXION was coded to
investigate SELEX against multiple targets [7]. MultiSELEXION allowed the investigation of problems
arising from the use of contaminated protein preparations in SELEX, as well as analysis of complex
target selections such as Cell-SELEX [8] and in vivo SELEX [9]. It was found that in most cases
SELEX is capable of isolating differing ligands against the different targets in a heterogeneous mixture,
irre SELEX spective of large variations in target concentrations or aptamer/target affinities. However,
a low relative partitioning efficiency for a given target in a mixture gives a greatly reduced rate of
selection of high-affinity aptamers [7].

Similarly to Irvine et al. [6] and Vant-Hull et al. [7], Chen et al. devised a SELEX simulation model
that uses ligand binding based on equilibrium between target aptamer ligands and was applied to
subtractive SELEX [10] as well as SELEX against a complex mixture [11]. This difference highlights
and simulates selection pressures in SELEX experiments. Further similarities to Irvine et al. [6] and
Vant-Hull et al. [7] included the binding affinities in terms of KD being distributed without reference to
aptamer sequence. Chen et al. used just 10 unique KD values for all aptamers in the simulations [10].

Wang et al. developed a model that focused on the two SELEX parameters, target concentration
and the effect of nonspecific binding [12]. The model represented ligand binding using equilibrium
kinetics similarly to Irvine et al. [6] and Vant-Hull et al. [7]. Partitioning was modeled in
two ways: without background binding, which was intended to mimic microfluidic selection;
and with background binding, which was intended to mimic nitrocellulose filter-based separation.
Aptamer binding properties were normally distributed [12] as hypothesized in the literature [13,14].
Wang et al. [12] found that “without background binding” conditions, an increasing amount of target
decreases the selection efficiency. Under “with background binding” conditions, there is an optimum
target concentration that increases with increasing background binding. Interestingly, under multiple
selection rounds and “with background binding” condition the optimum target concentration for
achieving maximum enrichment increases with each SELEX round. This is contrary to the generally
accepted practice of reducing the target concentration as SELEX progresses. The reason for this trend
of increasing optimum target concentration in successive SELEX rounds could be the modeling of
background binders. The more target, the greater the number of specifically binding aptamers make it
to the next round, therefore the higher the ratio of specific to nonspecific binders and the higher the
average KD value. One aspect that SELEX Wang et al.’s model and many other models do not take into
account is the possibility of adaptation in the aptamer pool giving rise to aptamers with increasingly
tighter KD values.

120



Int. J. Mol. Sci. 2017, 18, 2516

Spill et al. developed a model that simulates Capture-SELEX and includes non-covalent
ligand–substrate immobilization [15]. Aptamer–target binding was represented using a hybrid
approach whereby an equilibrium constant is combined with a stochastic probability model. Following
partitioning, the amplification of selected aptamers was simulated. Of particular interest is that the
initial library KD distribution has a dramatic effect on the outcome of the simulation. Additionally,
the impact of distribution noise and the downstream effects on the total target concentration were
assessed. The use of a stochastic model and Monte Carlo simulation highlighted sensitivity of SELEX
to stochastic variation. Twenty very tight binders are capable of outcompeting 1015 library members or
can be totally lost.

Simulation of SELEX has given insight into how an aptamer scientist might optimize the SELEX
protocol. SELEX has both vast complexity in terms of the number of sequences (typically around 1015),
and informational complexity associated with each individual aptamer’s sequence, folding, and target
binding. The aforementioned simulations have focused on representing the vast complexity of SELEX
and neglected the informational complexity of individual aptamer sequences. All binding properties
of aptamers are selected randomly or from a distribution with no relevance to the aptamer sequence.
For particular questions about SELEX, including the role of adaptation and the occurrence of divergent
and convergent evolution, a more thorough binding model is required.

Hoinka et al. coded a program to simulate the aptamer selection process called “AptaSim” [16].
AptaSim aimed at realistically recreating the selection process during SELEX with the intention
of investigating the effect of error-prone PCR on aptamer selection. An initial library pool was
generated using a first-order Markov Model, previously trained on early SELEX round selection
data. The generated aptamer was randomly assigned a copy number and binding affinity within
a predefined range. Iterative cycles of capture and amplification were then simulated where the
capture probability is related to an aptamer’s copy number and binding affinity, and amplification is
subject to a specified probability of mutation. The binding model used attributed aptamer affinities at
random without relevance of sequence. Additionally, mutated versions of these aptamers retained the
original’s attributed binding affinity. While AptaSim was an important step forward in simulating
selection, enrichment and mutation copy number, AptaSim did not appropriately represent heritability
or represent binding affinities correlated between related sequences, which is required for the study of
SELEX as a genetic system.

Oh et al. used a string matching function as a binding model to simulate aptamer selection [17].
All aptamers were given a target binding score based on their similarity to a given “optimal aptamer”
sequence [17]. This model does include heritability and binding correlation between related sequences.
As string matching is not computationally demanding, this approach can be used for very large library
sizes, which is more representative of aptamer selection. The drawback of string matching is that
only close-range epistasis is possible and by using a one “optimal aptamer” model, the landscape is
cone-shaped and would not represent a true aptamer binding landscape.

Wedge et al. used Kauffman’s NK model [18] to represent ligand–target binding for the simulation
of protein-directed evolution [19], a similar field to aptamer selection. The NK model is a robust
mathematical model that serves as an objective function relating genotypic sequences to phenotypic
fitnesses that make up a fitness landscape. Using the NK model, strings of informational digits of length
N are attributed fitness values equal to the sum of each digits interaction with K other digits. In this
way, epistatic and pleiotropic interactions can be modeled. The NK model has been used to describe
many complex systems such as immunology [20], evolutionary biology [21], and economics [22].
The NK model has also been related to aptamers [23]. In Wedge et al.’s [23] work the ligand properties
were determined using an NK model in which binary strings of length N = 100 were used with
random epistatic interactions varying from K = 0 to 10. The initial library size was 40,000 and during
each of the 10 selection rounds, 1 to 4000 of the tightest binding ligands were partitioned. Varying
degrees of selection pressure (number of ligands selected each round), mutation rate, and crossover
(recombination) were tested and it was found that optimal directed evolution (DE) parameters were
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strong selection pressure, a high mutation rate, and that crossover is only valuable when epistasis is
low to moderate (K < 5). While these results are valuable to the field of protein-directed evolution,
the simulation did not mimic properties specific to SELEX.

The NK model can effectively represent the target binding of polymeric ligands such as proteins
and aptamers. Besides the challenges for biological accuracy in representing base interactions within
an aptamer, the classical NK model may have limitations in representing some aspects of biological
systems. The NK model’s greatest utility is that epistasis can be tuned using the variable K. However,
this epistasis is reasonably uniform throughout the sequence. To represent some biological systems,
a higher amount of epistasis is desirable. As K increases the fitness landscape tends to become more
rugged, to the point where it is too chaotic to allow adaptation, a phenomenon is referred to as the
“complexity catastrophe” [24].

To overcome the “complexity catastrophe” and use the NK model to represent gene regulation,
Altenberg [25] developed “selective genome growth” in 1995. Selective genome growth is
an evolutionary approach that selects epistatic interaction in such a way to create a highly epistatic
landscape that is smoother than classic NK landscapes with the same degree of epistatic interaction [25].
Altenberg’s selective genome growth NK landscape represents gene regulation very well. However,
due to the increasing returns of the selection system, an extremely high pleiotropy is attributed
to a handful of digits [26]. This highly aggregated pleiotropy is biologically appropriate and
accurate for describing gene regulation. However, as each base in an aptamer has a relatively low
number of interactions due to its spatial capacity, the highly aggregated pleiotropy is not biologically
representative for base interactions within an aptamer.

To overcome this problem Kinghorn and Tanner recently devised the method “selective phenome
growth”, which generates fitness landscapes with low aggregated pleiotropy that more appropriately
represent aptamer binding [26]. The selective phenome growth process involves phenotypic
contributors being added to a genotype/phenotype interaction map sequentially in such a way
as to increase the fitness of a selected “fit sequence”. In this way, a fitness landscape is built around
the selected “fittest sequence”. The fitness landscapes obtained were compared to empirical aptamer
microarray data and were shown to more accurately represent aptamer ligand binding than other
theoretical models (Figure 2) [26]. The selective phenome growth model has not yet been utilized in
the simulation of SELEX, only described and validated as a model that more accurately represents
aptamer binding.

Figure 2. Comparison of novel phenome selected model to both genome selected and empirical aptamer
microarray binding data. The mean path divergence analysis, a measure of landscape smoothness,
shows that the novel phenome selected landscape is more similar to empirical microarray binding data
than the previous genome selected landscape model. Figure adapted from Kinghorn et al. [26].
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The no-free-lunch theorem states that all search algorithms perform exactly the same when
averaged over all possible problems [27]. This infers that any elevated performance in one class of
problem is exactly paid for in the performance of another class of problem. If there is discrepancy
between a real-life system and a model used to describe it, for example an empirical SELEX experiment
and a SELEX simulation, any elevated performance insight found using the simulation is exactly paid
for in the performance of the real-life system. This illustrates the need for the simulation model to be
as accurate as possible; otherwise optimizations will not translate to empirical SELEX experiments.
The area least accurately modeled in SELEX simulations has been the aptamer binding model.

3. Aptamer Selection by Molecular Dynamics

Molecular dynamics have applications across biotechnology, including but not limited to protein
studies, membrane transport, and drug discovery [28–31]. One particular application is to improve the
efficacy of aptamer selections by computationally solving the three-dimensional structures of nucleic
acids (NAs) and their targets, and simulating the physical forces involved in NA docking to a target.
This is achieved by various N-body simulations that calculate the dynamic forces of the atoms and
molecules of a NA within a binding site, in the form of a docking score. Docking scores can be used
to identify sequences that bind to a target, defining a novel approach for aptamer discovery. Here,
we will discuss studies wherein molecular dynamics has been used to enrich selection pools, optimize
existing aptamers, and discover new aptamers.

3.1. Whole Aptamer Docking

For the purpose of this review we have divided in silico techniques into two categories:
those that simulate the molecular dynamics of a whole aptamer and its target, and those that fragment
an aptamer into discrete units to simulate binding interactions. We will discuss the literature that
underpins in silico selections for whole aptamers.

Computationally predicting secondary and tertiary structures of NAs and targets reveals the
steric and energetic properties of each structure. These predictions allow researchers to modify their
selection pools to have a broader range of three-dimensional structures and NAs with more favorable
free energy [32–34], and provides essential information for molecular docking simulations [35].
Many protein-NA structures have been solved experimentally using NMR and X-ray crystallography,
for which there are large but limited libraries in the Protein Data Bank (PDB). If the structure has
not been solved experimentally, homology modeling webserver services exist for both proteins and
NAs [36–39].

In simulating the docking between a target and an aptamer, several non-covalent interactions are
assessed including ionic interactions, hydrogen bonds, van der Waal’s forces, hydrophobic interactions,
base stacking interactions, and shape complementarity [35] (Figure 3A). Algorithms calculate the
potential energy between interacting atomic components, known as force fields. For biological systems,
the most frequently used MD force field simulations are CHARMM and AMBER [35]. Homology and
modeling software for DNA–protein interactions is currently limited [35], as much of the software
is based in analyzing protein–protein interactions. A coarse-grained force field has shown how
dsDNA interacts with protein structures. Specific interactions are useful but limited in their scope and
shape complementarity and internal DNA energy play an important role in simulating protein–DNA
docking [40] (Figure 3B).

An initial attempt at in silico selection was proposed by Chushak and Stone. Computationally,
they decreased RNA sequence search space in a selection pool by up to five orders of magnitude to
enable conjugation of an enriched RNA selection pool to a microarray to improve high-throughput
aptamer selections [34]. A three-step enrichment approach was used:

(1) Selection based on secondary structure—a set of criteria were used to identify and eliminate
sequences with common simple structural motifs and high-energy unstable RNA sequences, both of
which would be unlikely to form aptamers.
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(2) Selecting for conformational flexibility—a single RNA sequence can have a large range of
three-dimensional conformations; the Rosetta RNA package [41] was used to generate these structures.
Then the five lowest energy three-dimensional structures, and therefore those with the greatest
conformational flexibility, were selected using the AMBER force field simulation and the generalized
Born solvation model [42].

(3) Screening the RNA library with computational docking—a modified docking tool called
DOVIS using Autodock v4 [43] was used to simulate interactions between all the generated RNA
three-dimensional structures and small molecule targets. Docking was scored based on their calculated
affinity for the targets. By selecting for the highest scoring sequences they effectively lowered the RNA
pool size from ~2.5 × 108 to 5 × 103. Six known aptamer–ligand complexes were used to validate this
approach. Native aptamers were found in within the top 5% of in silico selected structures.

Confirming that molecular dynamic calculations align with experimental evidence provides
further evidence that in silico approaches can complement aptamer selections. A software package
that uses the CHARMM force field to analyze protein–protein interactions called Discovery Studio
uses a docking simulation algorithm called ZDOCK [35,44]. ZDOCK was found to work effectively
with short RNA–protein interactions [45] but was found to be ineffective when simulating longer RNA
strands [46,47]. When combined with ZRANK, an algorithm that takes into account a range of attractive
and repulsive forces, van der Waal’s forces, and desolvation, effective simulation of protein–long-strand
RNA was achieved [35,48]. Having confirmed the efficacy of this software package in conjunction
with aptamer–protein interactions, Chen’s research group mutated aptamers of angiopoiten-2 protein
(Ang-2), a protein that regulates angiogenesis and is linked with the development and spread of
cancer [49,50]. From the mutated strands, they selected three with high scores and tested them
experimentally for binding with surface plasmon resonance (SPR). Based on binding affinity and SPR
response, they claim one of these novel aptamers (Seq15_12_35, KD 0.61) has improved binding when
compared to a high-affinity Ang-2 aptamer (Seq1, KD 1.39) found in the literature [48].

Selection can be a lengthy and costly process [51], especially when targeting human proteins
for which native proteins may be expensive or commercially unavailable [52]. To lower the cost of
selection, it is common to select an aptamer towards a recombinant or non-human version of the
equivalent human protein [53]. There is an increased risk that the difference in homology between
the native protein and the recombinant/non-human protein will result in selecting for an aptamer
that will not bind to the native protein. This is the case for immune-checkpoint blockade receptor
TIM3 [54], for which aptamers selected for murine binding aptamers lacked cross-reactivity with the
human form. Based on the murine aptamer, Rabal et al. used a three-step bioinformatics process
similar to those already discussed, but coupled cluster analysis with their chosen 3D docking algorithm,
3DRPC [55]. Clustering algorithm GROMACS [56] revealed highly populated clusters focused around
specific binding sites. In four out of five cases, combining clustering with docking simulation revealed
a binding mode and site that were not identified by docking simulation alone. They were able to show
the scope of in silico aptamer–protein analysis by identifying a plausible binding site on murine TIM3
and aptamer binding mode that explains the lack of cross-reactivity in murine over human TIM-3 [54].

3.2. Fragment-Based Aptamer Design and Docking

Whole aptamer selections require massive computational resources and three-dimensional
structures of both nucleotides and target. A fragment-based approach has been argued to simplify
the process of in silico aptamer generation [57]. Tseng et al. presented a three-step approach in which
they only require structural information of the target, known as the entropic fragment-based approach
(EFBA) [57]. They first determined the probability distribution of the first nucleotide binding to the
target. They then sequentially added nucleotides to the first, taking into account the probability
distributions of the added nucleotide to its neighbors and the target. Finally, they determined a cutoff
length based on an entropic criterion (information theory entropy). Once the target–NA complex was
saturated and the interactions of the complex were at a global minimum irrespective of nucleotide
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additions, the sequence was selected [57] (Figure 3C). They developed the in silico “seed and grow”
method by selecting two aptamers. One aptamer bound to the target phosphatidylserine (PS),
which previously had no reported aptamer [57]. They have since continued their investigation on the
PS binding aptamer with more computational and experimental detail with a view to translation for
practical use [58].

Figure 3. Simplified visualization of the molecular dynamics used in aptamer selections.
(A) Force fields, the algorithmically calculated potential energies between atomic components of
a nucleotide sequence and a target, are algorithmically calculated and represented here as a dashed
red line. The differential opacity represents the variable favorability of each interaction, which is later
translated into a docking score; (B) shape complementarity, a simplified representation of the nucleotide
sequence interacting with a target based on spatial orientation; (C) the seed and grow approach,
a fragment-based method. A single nucleotide is matched with a target and single nucleotides are
added in sequence. A probability distribution is used to measure the interactions between the target
and linked nucleotides. The target in this figure is derived from crystal structure PDB 3ZH2.

4. Patterning of Libraries

In a SELEX experiment, typically nanomoles of aptamer library or approximately 1015 molecules
are used. The typical length of a nucleic acid in a library is around 40 bases (total sequence space
440), so less than one in 1.2 billionth of the sequence space is covered. Aptamers generally require
secondary structure to bind their targets, therefore increasing the occurrence of secondary structure
in the library should enhance the success rate when selecting for an aptamer. Here, we will outline
several approaches that have been taken to pattern aptamer libraries with secondary structures.

RNA aptamer and ribozyme selection analysis has shown that the presence of distinctive
secondary structures, such as a stem–loop, enhances the binding affinity [32,59,60]. Such analysis
began by observing the nucleotide distributions. Schultes et al. [61] found that functional RNAs
have a tendency to have more purine than pyrimidine. This correlation was studied by functional
class and phylogenetic domain. It was found that the G+A and G+U content in archaea, bacteria,
and eukaryote functional single-stranded RNA showed a similar positive bias and that the bias was
inversely proportional to the sequence length [61]. Knight et al. performed a comparative analysis
of distantly related and unrelated sequences using simplex to study all possible composition vectors
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(G+A, G+U and G+C) of isoleucine aptamer and hammerhead ribozyme [62]. A library size of
6.23 × 109 sequences containing 25% U, 15% C, 20% A, and 40% G could maximize the probability of
identifying both motifs (99%). This study demonstrated that adjustment of base composition could
be used to lower the total number of candidates in a SELEX (Systematic Evolution of Ligands by
Exponential Enrichment) experiment.

Computational methods use sequence information to pattern initial libraries, which results in
the evolution of more complex structures. For DNA aptamer selection, Ruff et al. patterned their
initial library pool with alternating purine and pyrimidine, which was found to increase the formation
of stem–loop structures that bind to streptavidin, immunoglobulin E (IgE), and vascular endothelial
growth factor (VEGF) [63]. By sequencing pools from each selection round, they compared the
selection efficiency for both random and patterned libraries. The patterned library was significantly
enriched relative to the unpatterned library at the 10th round. For IgE, after adding restriction
endonuclease to digest the tagged sequences, it was found that the enrichment was further significantly
increased. The use of a patterned library in SELEX was able to select specific binders for all three
molecules with affinity at nanomolar levels better than those selected from random libraries
(streptavidin: KD = 105 nM, IgE: KD = 26 nM, VEGF: KD = 45 nM). These results showed that the
use of a patterned library could increase the proportion of active aptamer, speed of selection,
and affinity of the resultant aptamers [63].

This alternating purine and pyrimidine patterning strategy was enhanced when Martin et al. used
a novel computational method to increase the structural complexity of a DNA library (Table 1) [64].
This patterning method reduced the size of the library, allowing the integration of the entire library
onto a microarray, for the identification of a thrombin binding aptamer. The initial library was designed
with UNAFold software using three major constraints. First, the first nucleotide of the aptamer must
pair with the final one. Second, the number of unpaired bases must fluctuate between 10 and 30 for the
50-nucleotide strands. Third, there must be at least two stretches of unpaired nucleotides. This limited
the total number of candidates in the library to 50,000 sequences. The selection results showed that
the first six to eight bases of the top 15 sequences resembled thrombin binding aptamer and binding
was also specific to thrombin. This demonstrated the effectiveness of using a patterned library on
a microarray to select for aptamers.

Table 1. Library design used by Martin et al. [64].

Pattern Library Design

1 (RY)3-N4-(RY)4-N3-(RY)4-N4-(RY)4-N3-(RY)3
2 (RRYY)2-N4-(RRYY)-N3-(RRYY)-N4-(RRYY)-N3-(RRYY)-N4-(RRYY)2
3 (RRYY)2-N4-(RRRYYY)-N4-(RRRYYY)-N4-(RRRYYY)-N4-(RRYY)2
4 (RRYY)2-N4-(RY)3-N4-(RY)3-N4-(RY)3-N4-(RRYY)2

1 Library designs of different patterns of alternating purine and pyrimidine. Pattern 1 library theoretically has
1.8 × 1019 sequences and Pattern 2 has 3 × 1020. Pattern 3 has three consecutive purines or pyrimidines, which may
allow the formation of quadruplex, while Pattern 4 only allows alternating purines and pyrimidines. R is purine,
Y is pyrimidine, and N is a random mixture of purine and pyrimidine. Table adapted from [64].

The 1963 discovery of Hoogsteen base-pairing explains the formation of triplex and quadruplex
structures [65,66]. The G-quadruplex structure now holds significant interest due to applications in
therapeutics [67,68] and diagnosis [69,70]. A G-quadruplex usually consists of four guanine tracks
and a few tetrads [71]. The structural features include a broad surface of π-orbitals above and below
the quadruplex that allow hydrophobic binding to targets such as nucleolin [72], hemin [73,74],
and light-up fluorogens [75–77].

The binding capacity of G-quadruplex structures was exploited by McManus and Li,
who integrated patterning into DNA libraries to select aptamers with quadruplex structures.
They patterned the library with the following methods: inclusion of four G-tracts in the library
while leaving the rest to be random; simplifying the complicated three-layer G-quadruplex into
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a two-layered structure; and four G2 tracts were designed with three domains of random sequences
for loop formation [71,78]. The authors first investigated the effective loop length for the folding
of a quadruplex by adding three to seven thymidines between the G-tracts and characterizing by
circular dichroism (CD). The CD characteristics of different quadruplex configurations are shown in
Table 2. When compared to a completely random library, the G2 tract library showed peaks at 265, 280,
and 295 nm, indicative of G-quadruplex structures (Figure 4), whilst the random library only showed
a single peak at 280 nm. The authors also investigated the melting temperatures of individual libraries
with different loop lengths at 295 nm. Libraries with a loop length of 3–6 were suitable for the selection
of a single-stranded aptamer as their melting temperature did not change at increased concentrations.
However, the melting temperature of a library with a loop length of seven increased with concentration.
This indicated that it formed multimolecular quadruplexes because the interaction between large loops
of different strands has a more regular structure and is not ideal for SELEX, requiring certain structural
flexibility in the library. This pioneering work shows how optimizing DNA library parameters can
maximize the possibility of selecting active binders.

Figure 4. Circular dichroism (CD) characteristics of different quadruplexes and random library.
(A) Parallel quadruplex shows positive peaks at 265 and 295 nm; (B) antiparallel quadruplex with
glycosidic bond angles of the same orientation shows bimodal spectra as positive peaks at 265 nm
and 295 nm of the same intensity; (C) antiparallel quadruplex with glycosidic bond angles of opposite
orientation—the CD shows a negative peak at 265 nm and a positive peak at 295 nm; (D) random library
shows a peak at 280 nm but no peaks at 265 nm and 295 nm, indicating the absence of a quadruplex.
Figure adapted from McManus and Li [78].

Table 2. Major open-source programs for SELEX (Systematic Evolution of Ligands by Exponential
Enrichment) HTS (high-throughput sequencing) data analysis.

Program Operation System Language Clustering Method Validation Experiment

FASTAptamer Mac/Linux Perl Levenshtein distance HIV-1 Reverse Transcriptase

AptaCluster/AptaGUI Mac/Linux/PC Java LSH and k-mer counting IL-10RA

APTANI Linux Python Structure motif-based clustering Murine IL4Ra

AptaTrace Mac/Linux/PC C++, Java Structure motif-based clustering C-C chemokine receptor

PATTERNITY-seq No details No details Levenshtein distance Annexin-A2
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In a SELEX experiment, the random library provides low sequence space coverage and low
structure space representation. Using stem–loop structures and/or patterned libraries can increase
sequence space coverage and improve space representation. Although it is difficult to pinpoint the
best method to pattern a library, it is clear that patterned libraries can enhance aptamer selection by
reducing the time taken to select an aptamer, increasing the success rate of a selection, and improving
the binding affinity of isolated aptamers [63].

5. In Silico Aptamer Identification from High-Throughput Sequencing (HTS) Data

5.1. The Trend of Using HTS for Improving SELEX

Initially developed for the purpose of tackling the increasing complexity of whole genome
sequencing, HTS technologies have continued to evolve and change the landscape in many fields of
biomedical research over the last 10 years [79]. Since the development of the first commercialized
454 sequencer, companies such as Illumina, Ion Torrent, and Oxford Nanopore technologies are
all increasing sequencer capacity and reducing cost [80]. In the area of aptamer research, deep,
high-throughput, and in-parallel DNA sequencing technologies allow the analysis of millions of
sequences found in each round of aptamer selection, and thus open a new avenue for identification
and optimization of aptamers [81]. HTS data obtained from each round of the selection can
not only be used to monitor the dynamic sequence change of aptamer selection to identify the
best-performing sequences in early rounds [82–84], but also as a tool for aptamer scientists to further
investigate the enrichment principles of SELEX process such as selection efficiency [85], aptamer–target
interactions [86], and mutation landscape [16].

Some of the earliest works applying HTS for identification of aptamers were performed by
Schroeder’s group in 2010. In the study, they applied a genomic RNA library—overlapping sequences
constructed via PCR from the E. coli genome—to select against an RNA binding protein named
Hfq. 454 sequencing was used to obtain sequence data for two of the last round libraries from the
genomic selection and, for comparison purposes, the rounds of another selection that omitted the
target binding step, to monitor the amplification variants of the genomic SELEX. By analyzing the
HTS data, they successfully identified genomic RNA aptamers and discovered that these aptamers are
predominant in the antisense transcripts [87,88]. In the same year, Soh’s group pioneered DNA aptamer
quantitative selection by applying microfluidic and HTS technologies. They performed three rounds
of microfluidic device-assisted selection against platelet-derived growth factor BB (PDGF-BB) and
sequenced each round of the selection via high-throughput sequencing. More than 1.7 × 107 sequences
from each round of selection were obtained and the enrichment trajectory across different rounds
was tracked by analyzing the HTS data. Comparing the sequences obtained from different rounds,
they discovered the sequence with the highest affinity did not have the highest copy number in the
last round [89]. Schultze et al. [90] confirmed this finding when they discovered that the library
convergence in SELEX led to high-performance sequences being outcompeted by weaker-performing
sequences that amplify more efficiently during PCR. The best binders tend to enrich rapidly in the very
early rounds of selection [90]. Spiga et al. [91] performed HTS and SPR to monitor the binding affinity
change and aptamer enrichment for tobramycin selection. They also discovered the most enriched and
best binding sequences are visible even after two selection rounds [91]. As the cost of HTS continues
to decrease [92], more researchers use it for characterizing multiple selection round libraries to ensure
the quality of selected candidates [84,93]. Using the HTS dynamic monitoring method, researchers
successfully identified high binding aptamers both for proteins [94] and small molecule targets [91].

5.2. Benchmark Toolkit for HTS SELEX Analysis

Besides the cost, one of the major hindrances in early years to generalize HTS methods for
aptamer identification was the difficulty of processing large amounts of sequence data. However,
multiple open-source/paid bioinformatics tools have been developed specifically for aptamer scientists.
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The initial step in processing HTS data from a sequenced SELEX pool is to remove the adapter,
barcode, or constant region from the sequences. After this pre-processing, a tool to count the sequence
frequency is required. Previously, aptamer research groups used genomic informatics software
packages such as Tallymer [95,96] or RazerS [90,97], or designed in-house programs to fulfill the
counting requirement [89,98].

Galaxy Project is a platform that provides fundamental bioinformatic tools for bench scientists
who may not have a background in bioinformatics. Thiel et al. recently developed workflows
based on this Galaxy Project for handling HTS SELEX data to perform pre-processing steps [99,100].
This tool also allows researchers to remove adapter/barcode/primer regions from sequences; identify
and remove sequences with mismatches within the primer region; set a variable region length cutoff;
and count the number of duplicate reads. Another benefit of the Galaxy workflow is it is “ready to use”
and “easy to access” for an open-source, web-based platform. However, the Galaxy web service does
not currently provide analysis for motif-based clustering as the platform was designed for general
genomic projects.

An easy-to-use, aptamer-specific bioinformatics tool to address the clustering based on primary
sequence is FASTAptamer [101]. FASTAptamer consists of a library of modular Perl scripts and is
compatible across UNIX-like systems (or a Windows system with a Perl interpreter installed). Count,
compare, cluster, enrich, and search are the five major script modules. By using these modules,
users can count, normalize, and rank the sequence reads in a FASTQ file and group these sequences
into families based on Levenshtein distance, as well as determine the SELEX enrichment across
multiple selection rounds [101]. PATTERNITY-seq, developed by Ducongé’s group [102], is another
package that uses sequence pattern clustering based on Levenshtein distance. They validated this
approach by re-analyzing the data from a previously published cell-SELEX against Annexin-A2 [103].

AptaCluster [104] is similar to FASTAptamer but based on the local sensitive hashing (LSH)
method, which is capable of comparing sequences with a reduced number of dimensions (Figure 5).
Iterative rounds of comparison within groups of aptamers are used to cluster aptamer sequences.
By using such a method, the computational time required for AptaCluster is less than FASTAptamer.
However, this method cannot be applied as a sequence pool containing various sizes. FASTAptamer
and AptaCluster are purely text-based tools, whereas a program called AptaGUI that can be used
alongside AptaCluster includes a graphical user interface (GUI) for the dynamic visualization of HTS
SELEX data [105]. An alternative to AptaGUI is the paid platform COMPAS, developed by AptaIT
GmbH. This also contains GUI for the navigation of the HTS data, but many of the operational details
are proprietary and the company program is only available in conjunction with the purchase of their
selection service.

Figure 5. Illustration of the AptaCluster algorithm. Each colored sphere represents an individual
sequence in the library and the similar colors represent related sequence. AptaCluster clusters the
library pool into different sets of similar sequences based on locality sensitive hashing (LSH). The black
arrows represent the user-defined number of nucleotide positions, which are sampled to generate input
for the hash function. Figure adapted from Honika [16].
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5.3. Structure Motif Clustering-Based Tools

Most of the previously mentioned bioinformatics tools do not include functions for prediction and
clustering of HTS data for structure-based methods. Furthermore, they do not allow elucidation
of complex motifs and important pre-processing steps for initial analysis of the data generated
during SELEX.

Structure prediction programs such as Mfold [106] have been used to analyze low-throughput
sequence data. Mfold predicts the secondary structure of single-stranded nucleic acids by energy
minimization. Even though “bulk” servers of Mfold can analyze hundreds of sequences at once, it is,
however, difficult to handle structure prediction on the HTS scale.

A recently developed platform for structure motif clustering is AptaTrace [107]. Based on the
secondary structure prediction from SFOLD [108,109], AptaTrace applies this information into all
of the sequences input to the program. This allows for the prediction of a specific structure for
each k-mer in each selection round and ranking by predicted significant structural enrichment.
APTANI is a similar program, able to cluster sequence motifs based on secondary structure prediction.
It uses RNAsubopt from the Vienna RNA package [110] and predicts using sub-structures, apical loops,
bulge loops, and intra-strand loops. This method was validated using a SELEX against IL4Ra.
Using APTANI, an aptamer was identified in one round, which previously required five rounds.

The speed of HTS technology adoption has motivated the development of particular tools to assist
HTS-based SELEX and identify better aptamer candidates (Table 2). Even though many approaches
still lack multiple validations, using HTS to replace conventional sequencing methods for aptamer
development is the trend. Recent progress in this field shows the potential for developing an all-in-one
bioinformatics tools for aptamer researchers.

6. In Silico Aptamer Optimization

Aptamers have been isolated with both high affinity and high specificity for binding to their
selected targets [5,111]. SELEX is an efficient method of isolating aptamers; however, following
selection an aptamer scientist must always ask “Have I isolated the best possible aptamer sequence?”
The library used for SELEX generally has a random region of around 40 bases [4], and typically
only a few nanomoles can be used for the initial selection round. This represents a sequence space
coverage of one in 80 billion. From this incredibly small sequence space coverage, it is unlikely that
one will select the single best aptamer sequence. Sequence adaptation via mutation may account for
some sequence space searching; however, as selection for SELEX is relatively low resolution [112],
it is difficult to resolve the very best aptamer sequence.

Bioinformatic approaches have been used to improve the affinity of aptamers. As highlighted
earlier, due to low selection pressure classical SELEX is unlikely to resolve the very best aptamer
sequences. Therefore, each individual aptamer generated using a bioinformatics approach must
be individually assayed for binding affinity, which can be labor-intensive and time-consuming.
DNA microarrays consist of many features or spots on a glass slide, each feature containing many
copies of a unique DNA sequence. This high-throughput technology allows for simultaneous assay of
many aptamer sequences via incubation with fluorescent target.

In 2007, Katilius et al. used DNA microarrays to optimize and explore the surrounding sequence
space of an aptamer against immunoglobulin E (IgE) [113]. Variations of the aptamer sequence with
single, double and a selection of triple point mutations were synthesized onto a DNA microarray
and assayed with Alexa Fluor 647 labeled IgE. This mutational analysis highlighted the conserved
and unconserved base positions in the aptamer sequence. One aptamer variant showed mild affinity
improvement (KD = 4.1 nM) when compared to the original aptamer sequence (KD = 4.7 nM) [113].

Platt et al. analyzed the sequence activity relationship of a set of G-quadruplex thrombin binding
aptamers using DNA microarray technology [114]. The combinatorial landscape was probed via two
methods. The first method investigated two internal loops of the G-quadruplex with 2-3 base random
regions (GGGGAGTAGG(X2–3)GGTGTTGG(X2–3)GGGGCTCCCC, where X denotes the bases varied).
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The second method investigated the hairpin in which the G-quadruplex is nested within a section
using pseudo-random variants ((X8)GGTT(X2–4)GGTTGGGG(X6), where X denotes the bases varied).
Despite this search through sequence space, the tightest binding novel aptamer (KD = 28 nM) had
a lower affinity than the original ThB aptamer (KD = 26 nM) [114].

Knight et al. combined a DNA aptamer microarray assay with in silico closed-loop aptameric
directed evolution (CLADE) to select for aptamers against the natively fluorescent target allophycocyanin
(APC) [115]. Five hundred control aptamer and 5500 test pool aptamers of 30 nucleotides were
synthesized onto a DNA microarray for each round. The initial test pool for the first round was
randomly generated. The test pool aptamers were assayed on the microarray for APC binding and
ranked according to binding score. The top four aptamers were then subjected to point mutations and
insertion–deletion events to give rise to a new 5500 test pool for synthesis onto a DNA microarray
and use in the next round of selection. Nine rounds of CLADE were performed and the resulting
aptamers characterized and phylogenetically analyzed. The CLADE strategy was successful with the
tightest binding aptamer had a SPR determined KD value of around 2 nM [115]. Although high-affinity
aptamers were isolated, the cost of nine microarrays would be much greater than the cost of an average
SELEX experiment.

Expanding upon this work, Rowe et al. used the CLADE approach and tested the three diversification
systems: mutation, recombination, and statistical binding prediction [116]. Over five CLADE selection
rounds, aptamers were evolved to bind to glucose-6-phosphate dehydrogenase. The tightest binding
aptamer was isolated using the recombination diversification system and had a KD of 245 nM.

In 2012, Nonaka et al. used an in silico system to improve the affinity of the VEap121 aptamer
against VEGF [117]. Interestingly, this study did not use DNA microarrays but instead used SPR to
assay every individual aptamer. Three rounds of improvement were performed. Each round consisted
of adaptation, SPR determination of KD value, and selection of the five tightest binding aptamers to
seed the next round. For the first generation, 10 mutants of VEap121 were generated, each with several
mutations, where the guanine bases were conserved to retain the G-quadruplex structure. For the
second generation, the five tightest binding aptamers from G1 as determined by SPR were replicated
relative to their binding affinity to yield 20 sequences. These were then randomly paired to undergo
single-point crossover and two single-base mutations, randomly introduced. For the third generation,
the five tightest binding aptamers from both G1 and G2 as determined by SPR were crossed with
VEap121 at a random point and two single-point mutations were randomly introduced. This process
was repeated three times in order to produce the third generation of 20 sequences. This process
produced four aptamers with a tighter binding (KD = 0.3, 1.5, 1.7 and 2.4 nM) than the original VEap121
aptamer (KD = 4.7 nM) [117].

In 2016 Kinghorn et al. reported a novel strategy of aptamer affinity maturation by library
resampling from SELEX sequence data [118]. This approach relies on the principle that classical SELEX
is unlikely to select the best possible aptamer, but is highly likely to select family members of the best
possible aptamer. The sequence of the best possible aptamer is hidden within the sequences of its
family members. To make use of this aptamer family information, the authors coded the bioinformatic
software “Resample”, which uses information from a SELEX experiment in terms of an aptamer family
motif and any available folding information. This information is used to generate a novel library that
consists of every possible aptamer permutation within the aptamer family. This library is focused
on a particular area of sequence space, representing it thoroughly while still having a library size
small enough to fit onto a DNA microarray for screening (Figure 6). To demonstrate this process,
the sequence data from a previous selection against the malarial antigen Plasmodium falciparum lactate
dehydrogenase (PfLDH) was input into Resample to generate a library of 186,624 novel aptamer
sequences within the specified aptamer family. This library was ordered on a DNA microarray that
was incubated with 50 nM Alexa Fluor 555 labeled PfLDH (target) and 1 μM Alexa Fluor 647 labeled
human lactate dehydrogenase B (counter-target) and washed and scanned to measure both binding
affinity and binding specificity for all aptamers. The lead candidates were further characterized
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using microscale thermophoresis to show an order of magnitude improvement in binding affinity KD

value. The authors provide Resample as a hosted web service (website available: http://resample.
azurewebsites.net) and state that affinity maturation using Resample round should just take two
days, excluding microarray shipping time. While many microarray aptamer optimization processes
use mutation and recombination, taking many small evolutionary steps to arrive at an optimum,
Resample takes all possible selection sequence information and takes a single evolutionary leap to
an optimum. In this way, a single Resample diversification round can be used to hone in on the
sequence space containing the best possible aptamer sequence [118].

 
Figure 6. The aptamer affinity maturation process. The yellow arrow designates the aptamer affinity
maturation process, in which data from a SELEX experiment is utilized by bioinformatic software to
Create a novel aptamer library which undergoes a microarray screening process. Sequence information
and, if available, folding information (optional) from a SELEX experiment is used as input for the
resample software. Resample outputs a novel focused aptamer library that is small enough to fit on
a DNA microarray. The microarray is incubated with a fluorescently labeled target before washing and
scanning to measure the binding strength of all aptamers. Figure adapted from Kinghorn et al. [118].

7. Conclusions and Future Perspectives

Simulation of aptamer selection has given insight into the SELEX process, including the optimum
protein/target concentration, the detrimental effect of low relative partitioning efficiency, the effect of
background binding, and the stochastic nature of SELEX. The area least accurately modeled in SELEX
simulations is aptamer binding. Development of more accurate aptamer binding models and applying
them in simulation may lead to new insights into SELEX.

In silico approaches have been used to classify molecular interactions between binding
macromolecules into discrete categories. Each categorized interaction is assigned a probability and
level of importance, which is translated into a score. By grouping all the scores, it is possible to
distinguish a poor binding interaction from a strong interaction. Most programs have been developed
for protein–protein interactions, but in recent years useful software has been devised to investigate
DNA–target interactions. These in silico tools for both whole aptamer and fragment approaches have
aided aptamer scientists in improving their selections and identifying novel high-affinity aptamers.
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It is commonly known that the huge number of candidates in a random nucleic acid library
cannot be covered by a single SELEX experiment. One of the solutions to reduce that number or
increase the coverage of selection is to introduce patterns into the library. In silico methods include
defining alternating purine and pyrimidine patterns leading to the increase in occurrence of stem–loop
structures or more complicated structures such as quadruplexes. The design could also be combined
with in vitro experiments to access the structural diversity of certain patterned libraries by CD and
NMR. Such approaches will effectively help to increase the success rate of identifying active binders in
the selection process.

HTS technology shows high potential to replace the cloning and Sanger sequencing methods
applied in traditional SELEX. By integrating an HTS step into SELEX, researchers can successfully
reduce the selection rounds and the need for post-selection experiments to identify optimal aptamer
sequences. These advantages of HTS technology encourage the rapid development of aptamer-based
bioinformatic tools. There are several software packages and databases customized for aptamer
scientists (Table 2) to analyze the large amount of HTS data based on different strategies. It will
be useful to consider how best to compare these tools, using the same batch of data with multiple
validations from different research groups.

In silico aptamer optimization has not been widely adopted. This may be due to the observation
that most studies either achieve only mild affinity improvements or that the optimization method,
while successful, is prohibitively expensive. Nonaka et al. achieved binding improvement of
an order of magnitude by using a low-cost method, albeit labor-intensive in SPR measurements [117].
Kinghorn et al. achieved binding improvement of an order of magnitude with a low-cost method
that can be performed in two days, excluding microarray shipping time [118]. Many aptamer
optimization studies are stand-alones without follow-up or verification by other research groups.
For the aptamer community to adopt in silico aptamer optimization, replicate studies need to be
performed to strengthen and further validate in silico aptamer optimization methods.

Bioinformatic approaches have been used to improve both aptamers and their selection. In this
review we have outlined a broad range of aptamer bioinformatics techniques including simulation of
aptamer selection, aptamer selection by molecular dynamics, patterning of libraries, identification of
lead aptamers from HTS data, and in silico aptamer optimization. Aptamers are particularly suited to
bioinformatic techniques and their development and use can benefit aptamer scientific community.
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Abstract: Glioblastoma is a highly aggressive primary brain tumour, renowned for its infiltrative
growth and varied genetic profiles. The current treatment options are insufficient, and their off-target
effects greatly reduce patient quality of life. The major challenge in improving glioblastoma diagnosis
and treatment involves the development of a targeted imaging and drug delivery platform, capable
of circumventing the blood brain barrier and specifically targeting glioblastoma tumours. The unique
properties of aptamers demonstrate their capability of bridging the gap to the development of
successful diagnosis and treatment options, where antibodies have previously failed. Aptamers
possess many characteristics that make them an ideal novel imaging and therapeutic agent for the
treatment of glioblastoma and other brain malignancies, and are likely to provide patients with a
better standard of care and improved quality of life. Their target sensitivity, selective nature, ease of
modification and low immunogenicity make them an ideal drug-delivery platform. This review article
summarises the aptamers previously generated against glioblastoma cells or its identified biomarkers,
and their potential application in diagnosis and therapeutic targeting of glioblastoma tumours.

Keywords: glioblastoma; aptamers; SELEX; cancer; targeted therapies; imaging; diagnosis;
biomarkers; blood brain barrier

1. Introduction

Glioblastoma or grade IV glioma is a highly malignant primary brain tumour with a particularly
poor median survival duration of 14 months [1]. Whilst the incidence rate of glioblastoma currently
stands markedly low at 3.2 per 100,000 population, its five-year survival rate is below 6% [2].
These tumours can arise spontaneously from glial cells, or can develop from the progression of
a lower grade glioma and are defined as primary or secondary glioblastomas, respectively (see
Figure 1) [3]. Histological features of glioblastoma include increased cellularity and angiogenesis,
vascular proliferation, hemorrhage, necrosis, and cystic regions throughout the tumours [4,5]. Cell
populations within these tumours tend to vary greatly, with the presence of both small, undifferentiated
cells and large cells with multiple nuclei reported [4].

According to the World Health Organization, glioblastomas are grouped into three categories
based on isocitrase dehydrogenase (IDH) status: glioblastoma IDH-wildtype, which is designated as
primary or to have originated de novo; glioblastoma IDH-mutant, which is identified as a secondary
tumour, arising from a lower grade glioma; and glioblastoma not otherwise specified (NOS) for
tumours when IDH evaluation cannot be performed [6]. An estimated 90% of glioblastoma arise de
novo, with the remaining 10% developing from a lower grade glioma [7]. Mutations of IDH lead
to hypermethylation of histones and DNA, altering gene expression, promoting the activation of
oncogenes and blocking tumour suppressing mechanisms [8]. A variety of genetic mutations are
implicated in glioblastoma development including the epidermal growth factor receptor (EGFR), human
epidermal growth factor receptor two (ERBB2), isocitrase dehydrogenase one (IDH1), neurofibromin one (NF1),
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phosphoinositide three-kinase (PI3K), phosphatase and tensin homolog (PTEN), retinoblastoma protein (RB1)
and tumour suppressor p53 (TP53) [9]. The gene expression patterns can be used to further categorise
glioblastomas into four sub-categories: proneural; neural; mesenchymal; and classical [10].

Figure 1. Glioblastomas can develop through two different pathways; arising as a primary malignancy;
or through the progression of a lower grade glioma [11].

The classical subtype is associated with amplification of chromosome 7 teamed with loss of
chromosome 10, EGFRoverexpression and mutations. Mesenchymal glioblastomas maintain a
high expression of CH13L1, MET, and genes associated with tumour necrosis factor and nuclear
factor-κB pathways, along with mutations and deletions of NF1. The proneural subclass parallels
secondary glioblastoma and lower-grade glioma with mutations in IDH1 and TP53, and modification
of platelet-derived growth factor receptor A (PDGFR-A) [10]. Finally, neural glioblastomas are similar
to normal brain tissue; however, they do overexpress EGFR [10,12].The current treatment modality
includes surgery, radiotherapy, and chemotherapy with the DNA-alkylating agent temozolomide [1,13].
Surgery is performed to debulk the tumour thereby reducing mass effect symptoms in the patient,
while also allowing for the collection of tissue specimens for histologic analysis [14]. Glioblastomas are
renowned for their heterogeneity and infiltrative growth; complete surgical resection is near impossible
as a result, and further complicated by the inability to differentiate the tumour from normal brain
tissue [15]. Radiation and chemotherapy form the next line of treatment, aiming to destroy the cancer
cells that were missed or could not be removed during surgery [1]. Temozolomide is a DNA-alkylating
agent capable of inducing single- and double-stranded breaks in DNA, resulting in senescence and cell
death [16]. Whilst surgery and the addition of temozolomide during and post-radiotherapy has led to
an increase in patient survival times, they are responsible for various adverse effects and poor quality
of life in patients [13,17]. In addition, chemo-resistance and glioblastoma recurrence are inevitable
for the majority of patients, highlighting the necessity of improved treatment options [16,18]. One of
the greatest challenges facing modern medicine is the development of tumour targeting molecules,
capable of specifically binding to their target with no adverse effects to normal cells and tissues
within the body. Whilst the discovery and subsequent development of antibodies have become an
integral part of scientific research, disease diagnosis and therapies, these molecules possess undesired
characteristics and many pose significant risks to patients, limiting their clinical efficacy [19,20].
Antibody generation occurs in vivo, in both a time consuming and costly process, with incidences of
great batch-to-batch variability [21]. The high cost of the complicated antibody production process
limits their clinical use, particularly as large doses are needed for effective responses in patients [22].
Their large size hinders their ability to reach the desired targets due to poor tissue penetration, and can
be irreversibly denatured by small changes in temperature, thereby limiting their shelf life and transport
options [23]. Attempts have been made to humanize antibodies; however, complement-dependent
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toxicity (CDC), antibody-dependent cellular cytotoxicity (ADCC), and cytokine storms still occur in
patients [24–26]. Despite these known issues, antibodies remain in development and clinical trials,
while the development of alternatives with improved safety profiles are being investigated [27,28].
Targeted peptides and aptamers may bridge the gaps of diagnostic and therapeutic applications that
are currently unfilled by antibodies; however, targeted peptides have been reviewed extensively
elsewhere (see [29–31]) and fall beyond the scope of this review article. Targeted therapies will
pave the way for personalized cancer medicine, ensuring patients receive treatment based on their
tumour’s gene expression profiles, for effective treatment against glioblastoma and other currently
incurable conditions.

Further understanding of the altered and uncontrolled signaling pathways in glioblastoma has
potential to aid in the development of targeted treatments against the disease. Gene amplification
and overexpression of the EGFR protein and its mutant variant EGFRvIII contributes to glioblastoma
tumorigenesis and has been the target for new therapeutics [32,33]. Tyrosine kinase inhibitors of
EGFR block downstream signaling pathways by inhibiting ATP binding to the intracellular domain,
thereby impeding with responses leading to cell growth, invasion, and angiogenesis [34]. The use of
the EGFR tyrosine kinase inhibitors erlotinib and gefitinib have been evaluated in numerous clinical
trials, alone and in combination with standard glioblastoma treatment, with minimal effect on patient
survival [35–38]. Monoclonal antibodies have also been investigated for the treatment of glioblastoma.
In particular, bevacizumab was generated to inhibit vascular endothelial growth factor (VEGF) in order
to prevent angiogenesis, survival and migration of glioblastoma tumour cells [39]. Two large phase III
trials determined that the use of bevacizumab did not lead to increased survival compared to standard
treatment, despite this, it has remained in use to treat recurrent glioblastoma when temozolomide
rechallenge fails [40–42]. The unsuccessful development and clinical translation of more effective
treatments for glioblastoma are hindered by the restrictive nature of the blood brain barrier.

The blood brain barrier’s role is to control the passage of molecules and cells into the brain, in
order to protect this vital organ [43]. Tight junctions formed by a uniform monolayer of endothelial cells
maintain an almost impermeable barrier, increasing the difficulty of conveying chemotherapeutics into
the brain [44]. Great efforts have been made to develop mechanisms capable of delivering therapeutic
agents across this barrier, including both invasive and non-invasive strategies. The proposed invasive
strategies include temporary disruption of the blood brain barrier and intrathecal drug delivery [45–48].
A temporary disruption of the barrier can be achieved using focused ultrasound and its interaction
with microbubbles to alter the structure of the endothelial layer [49]. However, this technique can lead
to necrosis in the target tissue area, vasculitis, and seizures [50]. Intrathecal drug delivery introduces
therapeutics via direct injection into the cerebrospinal fluid [48]. While this is a simple method of
bypassing the blood brain barrier, the drugs are often filtered from the cerebrospinal fluid before they
reach the targeted area, and the use of a catheter often results in infection [47,51]. A less invasive
method involves chemically altering drugs, potentially by the addition of a lipid-like structure, or
modifying the drug to suit specific receptors, where it would be converted within the target organ to
the active state [52]. Modifying drugs may result in considerable changes from the parental drug, in
turn altering the pharmacodynamics and biological efficacy [44]. Finally, biological delivery systems
can be used to increase the uptake of drugs by transporters that would normally be used for essential
nutrients [53].

The presence of transport molecules on the surface of the blood brain barrier have recently
proven to be an effective mechanism to utilise for the delivery of substances into the brain via
receptor-mediated endocytosis. Yu and colleagues successfully utilised the transferrin receptor to
transport an antibody across the endothelial layer into the brain itself [54]. On the contrary, the use
of antibodies is associated with an immune response, therefore the development of a novel targeting
agent similar to antibodies is required for the safe treatment of brain malignancies [55]. The recent
development of a bi-functional aptamer capable of transcytosing across the blood brain barrier aided
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by the transferrin receptor in vivo, can be conjugated to a glioblastoma targeting aptamer (Figure 2),
and potentially improve its treatment modality [56].

Figure 2. The fusion of a transferrin aptamer with a glioblastoma targeting aptamer would create
a bi-functional aptamer capable of crossing the blood brain barrier to target glioblastoma tumour
tissues specifically. This targeted mechanism may be utilised for the safe delivery of both imaging and
therapeutic agents, sparing healthy cells throughout the body and the surrounding brain tissues from
off-target effects.

2. Aptamers

Aptamers, also referred to as ‘chemical antibodies’ are single stranded oligonucleotides capable
of binding to a target via shape recognition, in a similar fashion to antibodies [57]. Aptamers are
generated against specific targets via the process of the systematic evolution of ligands by exponential
enrichment (SELEX) and their sequence can be modified to optimise binding affinity and selectivity
(see Figure 3) [58–61]. The selection of aptamers occurs in vitro, as does their subsequent manufacture,
leading to little to no variation between batches, low immunogenicity, and are a considerably smaller
size than antibodies, further increasing their ease of tissue penetration [62]. The enhanced binding
properties of aptamers can saturate the available binding sites on the tumour surface, and therefore
lead to improved imaging signals and intratumoural delivery of therapeutic agents, comparative to
antibodies [22,63]. Chemotherapeutic agents can be attached to aptamers in order to deliver them
to tumour cells, thereby reducing unwanted off-target effects, a particularly important factor for
the development of new therapeutic agents for brain tumours [57]. Specificity of aptamer binding
highlights their suitability for tumour imaging and targeted drug delivery, particularly in an organ as
important as the brain. The attachment of imaging agents to aptamers has previously been achieved,
and may lead to the development of more effective tumour imaging strategies for both histologic
analysis of tissues as well as determining tumour location within the patient [64–67]. The use of
aptamers for both imaging and therapeutic delivery have been reviewed extensively elsewhere [68–71].
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Figure 3. Schematic representation of a Cell-SELEX (systematic evolution of ligands by exponential
enrichment) protocol. Initially, a single-stranded DNA library is incubated with the target cells. The
cells are washed to remove the unbound sequences, and the bound sequences are collected, prior to
incubation with negative (control) cells. The bound sequences are removed and discarded, whilst
the unbound sequences are amplified and used to begin the next round of SELEX. This cycle is
repeated a number of times, before the pool is sequenced and characterised. The bold arrows denote
one iterative round of SELEX, with the small arrows depicting the different steps of the protocol:
incubation of the single-stranded DNA library with the target cells; washing and removal of the
unbound sequences, incubation with negative cells; removal of bound sequences; collection of bound
sequences; amplification and cycle repetition prior to sequencing and aptamer characterization.

3. Glioblastoma Targeting Aptamers

To date, a multitude of aptamers have been generated against cell membrane proteins expressed
on glioblastoma cells (see Tables 1 and 2). These aptamers have potential to be used to identify new
biomarkers, and to specifically deliver imaging or therapeutic agents to revolutionise glioblastoma
diagnosis and treatment (see Figure 4).

Table 1. Glioblastoma aptamers and their SELEX methods.

Aptamer Target SELEX Method Positive Selection Negative Selection Reference(s)

A3, A4 Unknown Differential
cell-SELEX CD133+ TIC CD133− cells; human

neural progenitor cells [72]

TTA1 Tenascin-C Crossover-SELEX U251 cells; human
Tenascin-C No negative selection [66,73]

GBI-10 Tenascin-C Cell-SELEX U251 cells No negative selection [74,75]

Gint4.T PDGFRβ Cell-SELEX U87MG cells No negative selection [76,77]

GL21.T Axl Differential
cell-SELEX U87MG cells T98G cells [77–80]

U2 EGFRvIII Differential
cell-SELEX

U87MG-EGFRvIII
cells U87MG cells [81]

Aptamer 32 EGFRvIII Differential
cell-SELEX

U87MG-EGFRvIII
cells U87MG cells [82–84]

E07
EGFR;

EGFRvIII Protein-SELEX Human EGFR No negative selection [85–87]

GMT 3–9 Unknown Differential
cell-SELEX A172 cells No negative selection [88]

GBM128, GBM131 Unknown Differential
cell-SELEX U118-MG cells SVGp12 cells [89]
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Table 2. Aptamers generated against potential biomarkers for glioblastoma targeting.

Aptamer Target SELEX Method Positive Selection
Negative
Selection

Reference(s)

CD133-A15, CD133-B19 CD133 Differential cell-SELEX HEK293T-CD133 cells HEK293T cells [90]
CL4 EGFR; EGFRvIII Differential cell-SELEX A549 cells H460 cells [91–93]

Figure 4. Schematic representation of aptamers for targeting glioblastoma tissue. (A) Targeted delivery
of imaging agents to glioblastomas with the use of a bi-functional aptamer conjugated with an imaging
agent such as radionuclides, may improve tumour detection; (B) Therapeutic agents can be conjugated
to the bi-functional aptamer for the specific delivery to the glioblastoma cells, thereby reducing
unwanted off-target effects and sparing the healthy surrounding tissues and throughout the rest of
the body.

3.1. Aptamers Targeting Tumour Intitiating Cells

A relatively new concept in cancer biology is the discovery of tumour initiating cells (TIC),
referred to as cancer stem cells, thought to be a driving force in tumour development and therapeutic
resistance [94]. While a population of TIC in glioblastomas can be identified by the glycoprotein
CD133, some CD133-negative cells in these tumours have the ability to self-renew, thus this marker
may not be indicative of all stem cells within glioblastoma tumours [95]. It should be noted that the
CD133 receptor, usually detected with the AC133 epitope monoclonal antibody, can become truncated,
thereby hindering the antibody’s access to its binding region and leading to false-negative CD133
expression results in cancer cell populations [96]. As such, CD133 expression should be confirmed
with multiple techniques. Despite these controversies, CD133 is still an attractive therapeutic target
that requires further investigation due to its presence within these tumours.

To develop aptamers against CD133, Shigdar et al. utilised differential cell-SELEX with
HEK293T-CD133 transfected cells and normal HEK293T cells as a negative control, to ensure the
aptamers were binding to the desired epitope [90]. The generation of RNA containing 2′-F-pyrimidine
aptamers capable of binding to CD133 was confirmed using both CD133 positive, and negative cell
lines, via flow cytometry and confocal microscopy. The CD133-A15 aptamer binds to the AC133 epitope,
similar to that of the standard antibody used for this receptor’s detection. In contrast, CD133-B19 does
not bind to the AC133 epitope and therefore has potential to be used to detect cancer stem cells within
glioblastoma tumours, as well as potentially deliver therapeutics to these target cells.

Differential cell-SELEX was also utilised to generate the aptamers A3 and A4 against glioblastoma
TIC, by using cells extracted from human glioblastoma tissue xenografts [72]. The collected cells
were sorted based on CD133 expression and used for positive and negative selection in all SELEX
rounds, with the addition of human neural progenitor cells as an extra counter selection step to
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promote binding to a cancer surface marker. This selection process developed aptamers capable of
specific binding and uptake to glioblastoma TIC, generating a potential method for their detection and
treatment. Further characterisation of the identified aptamers is required to determine their molecular
targets and determine their efficacy as diagnostic or therapeutic delivery agents.

3.2. Aptamers Targeting Tenascin-C

Tenascin-C is a large glycoprotein found in the extracellular matrix [73]. While normal adult
tissues have little or no expression, higher levels are present during foetal development, wound
healing, atherosclerosis, psoriasis, and tumour growth [97,98]. The high levels of tenascin-C expression
in tumours is associated with angiogenesis, and may be an effective biomarker for diagnosis and
treatment [73].

The aptamer TTA1 was developed via a crossover-SELEX protocol with U251 glioblastoma cells
and purified human tenascin-C [73]. This aptamer was generated with RNA containing 2′-F-pyrimidine
to induce resistance to nucleases in the blood, and was truncated prior to further modifications to
improve aptamer stability and half-life with the substitution of 2′-OCH3 purines, the addition of a
thymidine cap at the 3′ end, and a 5′ amine as a conjugation site. In vitro testing determined the
aptamer to bind to human tenascin-C with high affinity, with a 20-fold reduction in affinity to the
mouse protein. The addition of the conjugate site on TTA1 enables the attachment of various molecules,
ensuring its adaptability for various clinical applications. 99mTc radiolabelled-TTA1 administered
intravenously to nude mice successfully targeted tumour xenografts of U251 glioblastoma cells and
MDA-MB-435 breast cancer cells, and its rapid clearance from the blood and uptake into the tumours
indicates TTA1 as a viable tumour imaging modality [66]. It should be noted that there are limitations
with the use of animals as human disease models, as xenografts do not wholly replicate the disease that
occurs in humans [99]. The use of cultured cells in xenografts can lead to tumours with genetic profiles
differing greatly from patient tumours and therefore do not always accurately represent treatment
outcomes in patients. The use of xenograft models for glioblastoma tumours completely fails to
replicate the cancer’s microenvironment, and indeed the ability of these aptamers to cross the blood
brain barrier, as these xenografts are heterotopic. Despite these drawbacks, animal models still provide
important information for translational drug development prior to experimental clinical trials, and
give great insight into efficacy of newly developed imaging agents. It is vital that the TTA1 aptamer is
tested in healthy animal models to determine if it is capable of specifically targeting tumour tissue and
also asses its ability to cross the blood brain barrier. If TTA1 is not able to do so, this aptamer may be
attached to a transferrin aptamer to ensure its successful transition into the brain. TTA1 must also be
tested in animal models that provide a relevant clinical representation of glioblastoma, to ensure its
effectiveness as both a diagnostic and therapeutic delivery agent.

Another aptamer capable of specifically binding to tenascin-C is GBI-10, a DNA aptamer generated
against U251 glioblastoma cells. Radiolabeling GBI-10 with positron emission tomography (PET)
isotopes, 18F and 64Cu, developed aptamers capable of imaging tenascin-C within U87MG glioblastoma
and MDA-MB-435 breast cancer xenografts in mice [74]. The aptamer’s rapid clearance hindered
intratumoural uptake; although these properties are ideal for PET imaging agents, they would need to
be modified for effective therapeutic delivery in in vivo systems. To improve GBI-10’s stability and
affinity, D-/L-isonucleotides and 2′-dI phosphoramidite were incorporated into the aptamer structure,
and successfully increased the binding affinity to U251 cells in vitro [75]. Aptamer binding affinity
and serum stability are vital characteristics that determine their efficacy as diagnostic or drug-delivery
platforms. Modifications to aptamers to improve their half-life and targeting ability may be vital
to ensure their success in clinical applications. Further testing is warranted in more appropriate
glioblastoma animal models to prove GBI-10’s capability to specifically target glioblastoma tissues in a
clinically relevant in vivo system.
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3.3. Aptamers Targeting Platelet Derived Growth Factor Receptor β

Overexpression and mutations of the platelet derived growth factor receptor (PDGFR) are
associated with gliomagenesis and tumour progression [100]. In glioblastoma, deregulation of the
PDGFR signaling cascade and overexpression of this receptor is frequently displayed, indicating it as a
potential therapeutic target [101].

Cell-SELEX was employed to develop a 2′-F-pyrimidine containing RNA aptamer capable of
recognising platelet derived growth factor receptor β (PDGFRβ) [76]. This aptamer, Gint4.T, was
determined to internalise into the U87MG glioblastoma cells, indicating its ability to be developed
as a targeted delivery platform of therapeutics to the tumour tissues. Binding of this aptamer to the
PDGFRβ was found to interfere with the receptor’s signaling cascade by preventing phosphorylation
of the tyrosine kinase domains, thereby reducing cell proliferation and migration both in vitro
and in athymic CD-1 nude mice tumour xenografts in vivo. To prove Gint4.T’s success as a
therapeutic delivery platform, this aptamer was conjugated with anti-microRNA-10b to counteract
expression of the oncogenic microRNA-10b seen in glioblastoma cancer stem cells, and induced
cellular differentiation, thereby preventing tumoursphere growth and development when combined
with GL21.T conjugated with microRNA-37 [77]. Interestingly, Gint4.T was capable of crossing the
blood brain barrier in a physiologically relevant in vitro model previously developed by Kumar and
associates (see [102]), likely via receptor mediated transcytosis, although this is yet to be replicated in
an in vivo model. The ability of this aptamer to cross the blood brain barrier and specifically target
glioblastoma cancer stem cells may lead to an effective therapeutic against this normally evasive cell
population, thereby improving prognosis and increasing survival times for glioblastoma patients.

3.4. Aptamers Targeting Axl

Axl is a receptor tyrosine kinase commonly overexpressed in glioblastomas and other
systemic tumours, associated with cancer cell survival, angiogenesis, proliferation, invasion, and
motility [103–105]. The GL21.T aptamer is capable of binding and inhibiting Axl signaling, and may
serve as a novel therapeutic agent to control tumour cell growth and invasion driven by this oncogenic
protein [78]. This aptamer reduced migration and invasion of A549 lung cancer cells and U87MG
glioblastoma cells in vitro and in athymic CD-1 nude mice xenografts in vivo. As previously mentioned,
GL21.T conjugated with microRNA-37 used in combination with microRNA-10b-conjugated Gint4.T,
transformed tumourspheres into adherent-like cells, inhibiting their ability to grow in spheroid
form [77]. GL21.T was also able to traverse the in vitro blood brain barrier model, if this aptamer is
capable of crossing this barrier in vivo, it could potentially be developed as a therapeutic targeting
agent in the clinical setting. However, previous attempts to inhibit PDGFR in clinical trials have failed
due to tumour resistance and pathway compensatory mechanisms [79,80]. Therefore, GL21.T should
be used as a therapeutic delivery platform, and used in combination with other targeted therapies to
ensure complete tumour eradication.

3.5. Aptamers Targeting the Epidermal Growth Factor Receptor

EGFR is involved with important cellular functions including cell growth, differentiation,
survival, and migration, and deregulation of its signaling cascade is a driving force of glioblastoma
tumorigenesis [32,106]. An aptamer capable of targeting EGFR and the mutant variant EGFRvIII
would serve to be an ideal candidate for use in glioblastoma therapy, as their overexpression and
mutation are prevalent in the majority of glioblastoma tumours [32].

An anti-EGFR RNA aptamer, CL4, capable of binding to both the wildtype and mutant variant has
previously been generated via differential cell-SELEX with lung cancer cell lines [91]. Upon binding to
the target receptor, CL4 prevented tyrosine-phosphorylation in a time-dependent manner, decreasing
cell viability, proliferation, migration, and invasion in vitro [91,92]. Whilst minimal in vivo work has
been undertaken with CL4, promising results from a triple-negative breast cancer xenograft model
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in athymic CD-1 nude mice determined this aptamer was capable of reducing tumour size, without
inducing toxicity in the treated mice [93]. CL4 displays a therapeutic effect against EGFR activation;
however, EGFR inhibitors have failed to prove success as monotherapies for glioblastoma, as such,
CL4 should be used as a shuttle for therapeutic or diagnostic agents to these tumours in order to have
clinical success [107].

Differential cell-SELEX developed an aptamer, U2, with U87MG cells expressing EGFRvIII or
wildtype EGFR as positive and negative selectors, respectively [81]. This aptamer’s high affinity for the
membrane receptors indicated its potential use as a diagnostic agent. Therefore, U2 was radiolabelled
with 188Re to investigate its ability to function as a molecular probe in EGFRvIII expressing glioblastoma
xenografts in male BALB/c nude mice. This aptamer successfully accumulated in the target tumours,
highlighting its potential to be used as an effective glioblastoma imaging tool. There is little evidence
to date that suggests U2 can penetrate the blood brain barrier in these mice, as such, conjugation
with a transferrin receptor aptamer would ensure effective transport into the brain, though this
would need to be extensively investigated both in vitro and in vivo. Tan et al. created aptamer
32 via differential cell-SELEX, utilising U87MG-EGFRvIII cells as the target for aptamer selection
and U87MG cells as a negative control [82]. Binding assays were performed to evaluate aptamer
specificity, with aptamer 32 showing binding to the U87MG-EGFRvIII target cells, and no binding to
U87MG cells or the kidney cell line HEK293. Pull-down assays and confocal microscopy concluded
the aptamer’s target was EGFRvIII, and the aptamer was translocated to the nucleus of target cells,
indicating its potential to be used for the targeted delivery of therapeutics within glioblastoma tumours.
A follow-on study conjugated c-Met small interfering RNA (siRNA) to aptamer 32, and successfully
delivered the siRNA to target U87MG-EGFRvIII cells, inhibiting the target gene’s expression and
cell proliferation whilst inducing apoptosis [83]. Conjugation of aptamer 32 to quantum dots could
verify the expression of EGFRvIII in various glioblastoma tissues, the presence of this receptor was
confirmed with immunohistochemistry [84]. This novel imaging probe was also capable of crossing
the blood brain barrier in vivo, and accumulated in tumour tissues within the brains of male nude
mice. Analysis of mouse body weight and major organs determined that the quantum dot-aptamer
conjugates did not induce toxicity in the animals, further highlighting this aptamer’s potential for use
in the clinical setting. Overall, these results indicate aptamer 32 as a candidate tumour imaging probe
and as a therapeutic delivery platform for the treatment of glioblastoma, though further investigation
is required to determine aptamer 32’s mechanism of crossing the blood brain barrier, and to further
determine its stability and specificity to glioblastoma tumours within the brain.

An alternative SELEX method was employed to develop a 2′-F-pyrimidine containing RNA
aptamer against human EGFR protein [85]. This aptamer, E07, was determined to competitively
bind to both the wildtype and mutant variant three of EGFR, hindering ligand binding and
autophosphorylation of these receptors in vitro. E07 has since been utilised to successfully capture and
isolate circulating tumour cells with the use of biochips in vitro, with potential to be used for cancer
diagnosis and evaluation of metastasis in patients [86,87].

3.6. Targeting Nucleolin with a Guanine-Rich Oligonucleotide

Nucleolin is associated with ribosome biogenesis, and the overexpression of this protein in cancer
cells is linked to cell division, angiogenesis and inhibiting apoptosis, and therefore, is a viable target for
delivery of therapeutic agents to glioblastomas, or other forms of cancer [108,109]. The development
and use of guanine-rich oligonucleotides (GRO) stems from their intriguing biological properties,
notably, their enhanced uptake that could aid in the delivery of therapeutic agents to target tissues,
although they are known to display non-specific effects [110,111]. AS1411 is a GRO, utilised for its
antiproliferative effects and nucleolin targeting ability in vitro [112]. The efficacy of AS1411 as a cancer
therapy was replicated in vivo, as intraperitoneal injections were able to significantly reduce pancreatic
cancer xenograft growth in mice. In terms of using AS1411 as a treatment for glioblastoma, Luo et al.
successfully delivered AS1411-conjugated paclitaxel nanoconjugates to U87MG-PMT48 orthotopic
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glioblastoma xenografts in BALB/c nude mice, significantly increasing the median survival time for
the treated mice [113]. Despite these promising results, the clinical translation of AS1411 was not so
successful, with evaluation as a therapeutic in a phase II trial for metastatic renal cell carcinoma, only
one patient out of 35 responded to the treatment [114]. Rigorous evaluation of AS1411 as a glioblastoma
treatment in physiologically relevant in vitro and in vivo models is vital to ensure successful transition
into clinical trials, and the potential off-target uptake must be evaluated if AS1411 is to be used for
targeted drug delivery in the future.

3.7. Glioblastoma Aptamers with Unknown Targets

Cell-SELEX can be advantageous for aptamer development as whole cells have a myriad of surface
markers that aptamers could bind to, many which remain unidentified. Therefore, aptamers can be
generated against unknown surface markers that can later be identified, improving our knowledge of
glioblastoma and other cancers.

Cell-SELEX was employed to develop DNA aptamers using the A172 glioblastoma cell line [88].
The sequenced aptamers GMT 3, GMT 4, GMT 5, GMT 8, and GMT 9 bound to glioblastoma cells with
high affinity, and were further characterised to determine if binding was specific to glioblastoma cell
lines. GMT 4 and 8 bound to the CEM leukemia cells and breast cancer cells GMBJ1, indicating that
these cells share a surface marker recognised by these aptamers. Whilst these aptamers did bind to
the glioblastoma cells, they had increased affinities to one of each leukemic and breast cancer cell line
by more than two-fold. As such, these aptamers may have potential for use as a targeted imaging or
therapeutic delivery strategy in these cancers as well. Treatment with proteinase K and trypsin was
performed to determine if the aptamer binding targets were membrane proteins. All aptamers lost
binding affinity after proteinase K treatment, indicating all of the aptamers likely bind to proteins.
Trypsin application lead to a slight decrease in GMT 3 and 5 binding, demonstrating their targets
are resistant to trypsin cleavage. These results show that negative selection is vital to cell-SELEX to
identify aptamers specific to a tumour type, and to date, no publications have indicated the targets of
these aptamers.

Differential cell-SELEX generated aptamers GBM128 and 131 using U118-MG cells for positive
selection and astroglial cells SVGp12 for negative selection [89]. These aptamers were found to bind
to the U118-MG glioblastoma cells in vitro, and did not recognise the astroglial cell line used in the
SELEX process. Further testing with paraffin embedded tissues determined these aptamer’s ability to
bind to glioblastoma and glioma tissues, with no binding observed in the astroglial tissues. Whilst
these aptamers could not differentiate between glioblastoma and other glioma tumours, they did not
bind to normal brain tissue, indicating their potential use in glioma diagnosis. Further investigation is
required to determine the aptamers’ targets and prove their efficacy for glioma diagnosis.

3.8. Circumventing the Blood Brain Barrier

Whilst there are a number of aptamers that have been generated against cancer cells or their
surface markers, the majority have only been investigated in vitro. Although the results show good
selectivity, specificity, and efficacy, the challenge will be to see if these aptamers can cross the blood
brain barrier in clinical models. One way of rescuing these aptamers, should they fail, is to use a
transferrin receptor aptamer for receptor-mediated transcytosis in order to give these aptamers access
to the brain. This mechanism has been successfully utilised by Macdonald et al. with a bi-functional
aptamer capable of transcytosing through an in vitro blood brain barrier model, and also confirmed
to reach the brain of a healthy mouse model following intravenous injection [56]. The conjugation of
aptamers seen in the previous paper serves as a proof of concept that combining a cancer-targeting
aptamer to a transferrin receptor aptamer, can develop a bi-functional aptamer capable of transcytosing
through the blood brain barrier, to specifically target tumours within the brain.
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4. Conclusions

Brain cancers, particularly glioblastomas, have very poor five-year survival rates and there is
an urgent need to develop new therapeutic strategies with superior mechanisms of action to the
current available therapies. The issue of getting new therapies across the blood brain barrier has been
investigated in a number of studies, and there are now several strategies available to actively transport
therapeutics through the barrier in order to reach the cancer cells within the brain. Whilst some of
these transport mechanisms are unlikely to provide the patient with a better standard of care and
improved quality of life, there are some with potential to revolutionise the treatment of glioblastoma,
and other brain disorders.

Aptamers possess many characteristics that make them an ideal novel therapeutic agent for the
treatment of glioblastoma and other brain malignancies. Their target sensitivity, selective nature, ease of
modification and low immunogenicity make them an ideal drug-delivery platform. The development
and optimisation of aptamers capable of transcytosing through the blood brain barrier to specifically
deliver imaging and chemotherapeutic agents to glioblastoma tissues have potential to revolutionise
brain tumour treatment.

In conclusion, aptamers show great promise as novel agents for tumour detection and treatment,
although ongoing investigations are required to ensure their effective clinical translation. The research
performed to date indicates aptamers are an innovative diagnostic and therapeutic platform for
glioblastomas. Furthermore, these novel nucleic acids are improving our understanding of cancer and
glioblastoma biology.
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Abbreviations

ADCC Antibody-dependent cellular cytotoxicity
ATP Adenosine triphosphate
CDC Complement-dependent cytotoxicity
DNA Deoxyribose nucleic acid
EGFR Epidermal growth factor receptor
EGFRvIII Epidermal growth factor receptor variant three
ERBB2 Human epidermal growth factor receptor two
NF1 Neurofibromin one
NOS Not otherwise specified
PDGFRA Platelet derived growth factor receptor A
PDGFRβ Platelet derived growth factor receptor β
PI3K Phosphoinositide three-kinase
PTEN Phosphatase and tensin homolog
SELEX Systematic evolution of ligands by exponential enrichment
PET Positron emission tomography
RB1 Retinoblastoma protein
RNA Ribonucleic acid
siRNA Small interfering RNA
TIC Tumour initiating cells
TP53 Tumour suppressor p53
VEGF Vascular endothelial growth factor
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Abstract: Interleukin-6 (IL-6) is a key player in inflammation and the main factor for the induction of
acute phase protein biosynthesis. Further to its central role in many aspects of the immune system,
IL-6 regulates a variety of homeostatic processes. To interfere with IL-6 dependent diseases, such as
various autoimmune diseases or certain cancers like multiple myeloma or hepatocellular carcinoma
associated with chronic inflammation, it might be a sensible strategy to target human IL-6 receptor
(hIL-6R) presenting cells with aptamers. We therefore have selected and characterized different DNA
and RNA aptamers specifically binding IL-6R. These IL-6R aptamers, however, do not interfere with
the IL-6 signaling pathway but are internalized with the receptor and thus can serve as vehicles for the
delivery of different cargo molecules like therapeutics. We succeeded in the construction of a chlorin
e6 derivatized aptamer to be delivered for targeted photodynamic therapy (PDT). Furthermore, we
were able to synthesize an aptamer intrinsically comprising the cytostatic 5-Fluoro-2′-deoxy-uridine
for targeted chemotherapy. The α6β4 integrin specific DNA aptamer IDA, also selected in our
laboratory is internalized, too. All these aptamers can serve as vehicles for targeted drug delivery
into cells. We call them charomers—in memory of Charon, the ferryman in Greek mythology, who
ferried the deceased into the underworld.

Keywords: aptamers; charomers; targeted drug delivery; targeted chemotherapy; photodynamic
therapy; interleukin-6 receptor

1. Introduction

The multifunctional cytokine interleukin-6 (IL-6) consists of 183 amino acids and is in case of
e.g., a skin lesion secreted by violated cells to signal this violation to recipient cells, thus inducing an
inflammation followed by the healing process. The IL-6 signal is recognized by a highly specific IL-6
receptor (IL-6R) which is presented at the surfaces of certain cells. At least two further molecules of
the nearly ubiquitously occurring glycosylated transmembrane protein gp130 are needed to result in
the active complex for initiating signal transduction from outside the cell, finally into the nucleus to
regulate corresponding gene expression (for review see [1–3]). One prerequisite of many receptors is
their ability to exhibit a mechanism for desensitizing. IL-6R achieves this by internalization.

IL-6 mediated signal transduction is involved in many disease processes and is thus of high
medical relevance. In some cases, one might wish to have a tool at hand to interrupt this signaling
pathway. Candidates therefore are antibodies or even better, aptamers. Highlighting advantages and
disadvantages of aptamers can be omitted in a special issue on aptamers and thus we can step directly
into the projects which should be described here.

Our original plan, initiated by Stefan Rose-John, was to select aptamers specific for IL-6R aiming
at getting a tool at hand to block IL-6 mediated signal transduction. Attempts to select aptamers with
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high specificity for IL-6R were successful for canonical and modified RNA (dissociation constants from
20 nM to 55 nM [4–6]) as well as for DNA aptamers (dissociation constant 490 nM [7]).

All these aptamers, however, did not inhibit IL-6 signaling at all but most RNA aptamers were
internalized and thus could function as vehicles for cargo delivery into target cells.

Another kind of cell surface proteins chosen as targets for the selection of aptamers in our
laboratory was α6β4 integrin. This is presented by epithelial cells, Schwann cells, keratinocytes
and endothelial cells [8,9]. The α6β4 integrin can bind to laminin, which leads to the assembly of
hemidesmosomes followed by stable adhesion via connecting the intracellular keratin cytoskeleton to
the basement membrane [10,11]. The selected α6β4 integrin specific aptamer IDA was also internalized.

In addition to the aptamers discussed so far, a number of others have been selected and
characterized that can also be used to shuttle a variety of drugs, liposomes and (nano) particles
into cells. Among those are aptamers targeting prostate-specific membrane antigen (PSMA) [12] which
served for the directed delivery of an appropriate siRNA where it was connected to [13]. Aptamers
specific for mucin-1 [14], nucleolin [15] transferrin receptor [16] or αvβ integrin [17]—just to list some
as representatives—served as vehicles for different kinds of drug delivery approaches.

We have recently presented an overview on aptamers to be used as drug delivery vehicles [18,19];
readers are also referred to excellent reviews of the systemic administration of aptamer-based
therapeutics by Burnett and Rossi [20] and Catuogno et al. [21], Sun et al. [22], Gilboa et al. [23],
Jiang et al. [24] and not least, recently by Kruspe and Giangrande [25,26].

For all those internalized aptamers exhibiting the capability for cargo delivery I here would like
to introduce the term “charomers”.

In this brief review, however, solely aptamers selected in our laboratory and suitable as charomers
will be dealt with in the following.

2. Interleukin-6-Recetor (IL-6R) Specific Aptamers

2.1. G-Quadruplex Forming Interleukin-6 Receptor (IL-6R) Specific Dimeric RNA Aptamers of 19 or
34 Nucleotides

2.1.1. AIR-3A—An Aptamer Specific for IL-6R and Consisting of RNA

The first IL-6R specific aptamers selected in our laboratory consisted of RNA. Sequencing of
the enriched pool revealed six individual clones all comprising a very similar consensus sequence
(Figure 1; [4]).

Figure 1. Alignment of interleukin-6 receptor (IL-6R) aptamer sequences from enriched pools.
Consensus sequence is given below (conserved Gs in blue and conserved Cs and Us in green); H
encodes A, C, or U and W encodes A or U, respectively. Flanking primer binding sites or constant
regions of starting pool are omitted.
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Minimal variants of each of these clones presenting each individual consensus motif were
synthesized and analyzed for their capacity to bind IL-6R. AIR-3A (an aptamer specific for IL-6R and
consisting of RNA; Figure 2) turned out to be the best candidate and was thus used for all further
investigations [4]. Its high G-content was a strong hint of a G-quadruplex topology of this aptamer.
Biophysical analyses like circular dichroism spectroscopy (CD) and UV-melting studies proved that
AIR-3A adopted a parallel G-quadruplex structure (Figure 3).

 

AIR-3A 5’-GGGGAGGCUGUGGUGAGGG-3’
G17U 5’-GGGGAGGCUGUGGUGAUGG-3’
G18U 5’-GGGGAGGCUGUGGUGAGUG-3’
G17U/G18U 5’-GGGGAGGCUGUGGUGAUUG-3’

Figure 2. Nucleotide sequence of AIR-3A, the minimized active version of the IL-6R specific RNA
aptamer AIR-3 and inactive AIR-3A variants; replaced nucleotides in red. A dissociation constant
of about 20 nM was determined if AIR-3A was incubated with recombinant soluble human receptor
(shIL-6R) in filter retention assays [4]. If the aptamer was incubated with IL-6R-presenting bone
marrow-derived pro-B (BaF3) cells, the Kd turned out to be about 2 nM [27]. Variants with one (G17U
or G18U) or two Gs replaced by Us (G17U/G18U), respectively, did not bind to any target at all.

(A)

(B)

(C) 

Figure 3. Aptamers AIR-3A, AID-1 as well as RAID3 all exhibit a G-quadruplex structure; the
RNA aptamers AIR-3A and RAID3 were shown to dimerize. Circular dichroism (CD) spectroscopic
investigations and UV-melting analyses revealed a G-quadruplex structure for both the RNA aptamers
AIR-3A (A) [4] and RAID3 (C) [6], as well as for the DNA aptamer AID-1 (B) [7]. Balls in B represent
structure stabilizing metal ions; gray semitransparent spheres in C symbolize a model deduced from
synchrotron-based small-angle X-ray scattering (SAXS) analyses which could be superimposed with an
ab initio model of an aptamer dimer.
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2.1.2. RAID3—An RNA Aptamer for Interleukin-6 receptor Domain 3

Another IL-6R specific 34 nt long RNA aptamer selected in our laboratory was RAID3 (RNA
Aptamer for Interleukin-6 receptor Domain 3) [6]. It also exhibited a G-quadruplex structure and, most
remarkably, could post-selectively be modified by replacing all pyrimidines by their 2′-fluoro analogs,
resulting in the aptamer RAID3 2′-F-Py. Both mentioned aptamers did not show significant differences
in their target binding ability (Kd about 50 nM both). RAID3 2′-F-Py, however, exhibited an exceptional
stability over a period of two days in Dulbecco’s modified Eagle’s medium supplemented with 10%
fetal bovine serum (DMEM 10% FBS) at 37 ◦C. Not to forget that even the unmodified aptamer, RAID3,
had a relatively long half-life of up to five minutes under the same conditions [6].

2.2. AIR-3A and RAID3 Are Internalized by IL-6R Presenting Cells and thus Charomers Allowing Their Usage
as Vehicles for Targeted Drug Delivery

AIR-3A and also RAID3 both turned out not to interfere with IL-6 initiated signal transduction.
IL-6R, however, was internalized [28] as are many other receptors or cell surface proteins. Therefore, it
was obvious to assume that a considerably tight binding ligand might be internalized too, together
with the receptor. This could be demonstrated for some of the IL-6R specific RNA aptamers selected in
our laboratory (Figure 4 and [4,6]).

 

 
(A) (B)

Figure 4. Fluorescently labeled aptamer AIR-3A is internalized by IL-6R presenting
BAF/gp130/IL6R/TNF cells. (A) Schematic presentation of internalization process of G-quadruplex
forming fluorescently labeled aptamer bound to the receptor IL-6R and (B) confocal laser scanning
and light microscopy of IL-6R presenting cells after 30 min incubation with Atto645N-labeled AIR-3A
at 37 ◦C and on ice (control, as internalization does not occur at 0 ◦C). Another control included an
incubation with G specific ribonuclease (RNase) T1 which degraded surface bound RNA aptamers [4].

In Greek mythology, a ferryman named Charon ferried the dead from the world to the underworld.
In memory of this ferryman and in honor of one of the first cloning vectors based on the bacteriophage
lambda—which was invented by Blattner et al. in 1977 and named “Charon phages” [29]—and in
search of an acronym, we named our internalized and drug delivering aptamers “charomers”.
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2.3. Charomer Mediated Targeted Photodynamic Therapy (PDT)

Chlorin e6 (c-e6) is a photoactivatable agent that generates singlet oxygen upon irradiation
(Figure 5A). It is approved for ex vivo and in vivo application and thus very well suited for
photodynamic therapy (PDT [30–33]). If pure c-e6 is applied to target cells it is non-specifically
internalized and intracellularly accumulated. We have covalently linked c-e6 to the 3′-terminus
of the IL-6R specific RNA aptamer AIR-3A which was then incubated with IL-6R presenting cells
for appropriate times. After illumination of treated cells with light of 660 nm cell vitality dropped
considerably under 50% and apoptosis increased significantly [34].

(A)

(B)

c-e6

Figure 5. Chlorin e6 (c-e6) derivatized charomer AIR-3A-ce6 was internalized by IL-6R presenting
cells leading to their destruction after illumination with appropriate light [34]. Schematic drawing of
the aptamer mediated targeted photodynamic therapy (PDT). C-e6 (A) was covalently linked to the
IL-6R specific aptamer (here schematically depicted as a G-quadruplex structured molecule); (B) This
aptamer derivative was incubated with appropriate cells which did not survive after illumination with
light of 660 nm wavelength (red waved lines) which is absorbed by ce-6 leading to the generation
of singlet oxygen (1O2, orange waved lines) [34]; different colored ellipses of receptors symbolize
different domains, extracellular domains in blue and green, intracellular part yellow.

2.4. Charomer Mediated Targeted Chemotherapy

The base analogue 5-fluorouracil (5-FU; Figure 6A) is a warts therapeutic [35] and known since
60 years as chemo therapeutic or cancer drug [36,37]. It is also used in different kinds of application
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forms [38]. We have enzymatically incorporated 5-fluoro-2′-deoxyuridine (5-FdU; Figure 6B) into
aptamer AIR-3, the initially selected IL-6R specific “long version” of AIR-3A (Figures 1 and 2). AIR-3
was chosen as it exhibits significantly more Us than AIR-3A (Figures 1 and 6C). The resulting aptamer,
AIR-3-FdU, still bound IL-6R with a dissociation constant of about 150 nM and IL-6R presenting BaF3
hIL-6R cells with a remarkable Kd of about 20 nM [27]. Furthermore, when incubated with target cells
AIR-3-FdU also was internalized, finally resulting in a decrease of cell proliferation to about 75%.

(A) (B) (C) 

Figure 6. Charomer AIR-3-FdU, a tool for directed cancer drug delivery [27]. Shown are structures of
5-fluorouracil (5-FU; (A)), 5-fluoro-2′-deoxyuridine (5-FdU; (B)) and AIR-3-FdU (C) a derivative of the
IL-6R specific RNA aptamer AIR-3 with each U replaced by 5-FdU (red dots); AIR-3-FdU structure
is deduced from a model predicted for the originally selected aptamer AIR-3A with the software
Mfold [39]; grey area emphasizes the minimized aptamer version AIR-3A.

To re-emphasize it, AIR-3-FdU could be readily synthesized in an enzymatic one step reaction.
It specifically bound to a cell surface receptor which then most likely was transferred to the lysosome.
When the aptamer then was degraded by intracellular nucleases, the active drug 5-FdU was released
exclusively within the target cells [27]. Thus, the aptamer did act as a prodrug as it fulfilled two
main prerequisites of a drug delivery system: specific cell targeting and controlled release of the drug
triggered by an endogenous stimulus. As this prodrug also could be enzymatically reverse transcribed
into DNA, which then served as template for the synthesis of new prodrug molecules, it thus also
functioned as its own gene.

2.5. Structural Investigations of IL-6R Aptamers

Remarkably, all IL-6R specific aptamers selected in our laboratory—regardless whether consisting
of DNA or RNA—at least partly comprise a G-quadruplex structure (Figure 3; [4–7,40]). One might
get the impression that this structural motive is a prerequisite for a nucleic acid aptamer for binding to
IL-6R [40]. This is especially striking in case of the SELEX-selected IL-6R specific only 16 nt long DNA
aptamer d(GGGT)4 whose RNA counterpart r(GGGU)4 also behaves very similar with respect to IL-6R
binding and inhibition of HIV-1 integrase and HIV-1 infection [7].

Further structural investigations of the different aptamers discussed here included small-angle
X-ray scattering (SAXS) analyses, structure probing, electrophoretic mobility shift assays and microscale
thermophoresis [6,40]. In all cases the investigated aptamers were shown to form dimers (Figure 3).

3. Integrin α6β4 Specific DNA Aptamer IDA—Another Charomer

In another project in our laboratory we selected IDA, a 77 nt long integrin α6β4 specific DNA
aptamer [41]. The initial motivation for the selection of IDA was to get a tool at hand to inhibit
α6β4 integrin mediated cell-cell-interactions. Especially as this particular interaction can constitute
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a pivotal step in transendothelial migration during metastasis formation [8,11,42,43]. This aptamer
actually binds its target (Kd about 140 nM) and also blocks the integrin-laminin-interaction but it is
also internalized very effectively. Under appropriate conditions 98% of fluorescently labelled aptamer
was internalized within 10 min (Figure 7; [41]).

 

A B

100 m 100 m

Figure 7. Fluorescently labeled aptamer IDA is internalized by integrin presenting PC-3 cells. Cells
were incubated with fluorescently labelled non-specific DNA (A) and aptamer IDA (B) as described [41].
Scanning microscopic analysis after treating both samples with DNase showed clearly labelled
molecules inside cells.

4. Conclusions

The nucleic acid charomers described here are targeting two different cell surface transmembrane
proteins exhibiting different functions. The initial motivation for selecting these aptamers was to get
tools at hand to inhibit the best-known functions of their targets—receiving signals from other cells
or mediating unfavorable cellular interactions. As the targeted proteins are not solely presented but
also internalized by the producing cells, it was not surprising that the mentioned and quite strongly
binding nucleic acid aptamers were concurrently internalized, too. The possibility to fuse different
kinds of cargo molecules [25,44] or even larger particles [21,45,46] with these internalized aptamers
makes them charomers.

The inhibitory efficiency of the charomers reported here may not yet be very satisfactory but
they can be precursors of a potentially very helpful new class of therapeutics and possibly their effect
could be enhanced by the combination of several different charomers, covalently linked to each other
or just in an appropriate mixture. Also attempts to improve stability and pharmacokinetic of the
charomers might increase their utility. One can think about many different possibilities of new selection
strategies or chemical modifications [6,47,48]. Lastly, the applicability in the living organism has to
be demonstrated.

And now one final idea. If one imagines how many nucleic acid molecules can be found in the
environment (early described by Karl and Bailiff [49]) one easily can imagine that not only a few
of them will find their way from the environment into a cell just due to an accidentally sufficient
affinity to a surface protein which is internalized. Maybe this is another noteworthy passway for gene
exchange across species barriers.
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Abstract: An RNA-based fluorogenic module consists of a light-up RNA aptamer able to specifically
interact with a fluorogen to form a fluorescent complex. Over the past decade, significant efforts have
been devoted to the development of such modules, which now cover the whole visible spectrum,
as well as to their engineering to serve in a wide range of applications. In this review, we summarize
the different strategies used to develop each partner (the fluorogen and the light-up RNA aptamer)
prior to giving an overview of their applications that range from live-cell RNA imaging to the set-up
of high-throughput drug screening pipelines. We then conclude with a critical discussion on the
current limitations of these modules and how combining in vitro selection with screening approaches
may help develop even better molecules.

Keywords: light-up aptamer; fluorogen; fluorogenic dye; fluorescence; RNA; in vitro evolution; gene
expression monitoring; live-cell imaging; biosensing

1. Introduction

Quoting the famous idiom: “seeing is believing”, which makes imaging and spectroscopic
technologies very popular in life sciences to detect and track molecules. Among the different
visualization strategies, fluorescence is the most attractive and widely used, mainly because it is safe,
sensitive and it offers the possibility of analyzing multiple colors at the same time, with a long shelf life
of the fluorophores when properly stored. Among the different fluorescent probes, those acquiring their
fluorescence only in permissive conditions (e.g., presence of a target molecule) and hereafter defined as
being fluorogenic are the most useful. These probes exhibit only a weak fluorescence in non-permissive
conditions, making washing steps dispensable, and permitting the monitoring of dynamic processes
in time course experiments. A plethora of such fluorogenic molecules has been developed for
applications as diverse as ions and small molecules sensing, pH monitoring or environment viscosity
assessment [1,2]. Moreover, significant efforts have been devoted to the development of fluorogenic
tools dedicated to RNA and protein, two biological polymers particularly relevant to cellular activity.
Historically, these molecules were first detected using fluorescently labeled and extracellularly supplied
specific probes such as antibodies and oligonucleotides [3]. Recent developments allow these strategies
to reach single-molecule sensitivity, but the requirement of fixing cells represents a major drawback
that could be overcome using genetically encoded fluorescent reporters.

The discovery of the naturally fluorescing Green Fluorescent Protein (GFP) from the jellyfish
Aequorea victoria [4] had a profound impact on protein imaging field and paved the way for
major breakthroughs. Indeed, this first genetically encoded probe post-translationally acquires
its fluorescence through an autocatalytic cyclization involving three amino acids (Serine, Tyrosine,
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and Glycine) independently of any cell factor [5,6], making it usable in any cell type. Moreover, simple
point mutations can shift the excitation/emission spectra of the protein toward the blue [7] or the
red [8] regions of the visible spectrum. These great properties, shared with many other fluorescent
proteins (FPs), make them highly versatile (see [9] for a comprehensive review) and very attractive for
biotechnological applications. However, the strict requirement of molecular oxygen for the maturation
of their fluorophore also limits FPs application in some circumstances and led to the development of
alternative labeling strategies in which a fluorescent dye labels the protein of interest via a peptide
(e.g., tetracystein peptide labeled by the Fluorescein Arsenical Helix binder FlAsH [10]) or a whole
domain (e.g., SNAP-tag labeled by dye conjugated to a benzylguanine group [11]) appended to the
target protein [12].

In contrast to proteins, no naturally fluorescent RNA has been discovered yet, making the
development of RNA-based genetically encoded fluorescent reporters less straightforward than their
protein counterparts. A first live-cell compatible strategy pioneered by Bertrand et al. [13] consists of
inserting tandem repeats of elements recognized by an RNA-binding protein (RBP) into the RNA to
image. Then, co-expressing this construct with an RBP-GFP fusion protein allows the direct labeling
of the target RNA with the GFP. Moreover, the use of a split form of the GFP allows converting
the otherwise always fluorescent GFP into a fluorogenic system in which fluorescence is expected
only upon RBP-GFP/target RNA interaction [14]. Whereas this approach proved to be efficient for
live-cell monitoring of large messenger RNAs [15], it may be more challenging for smaller RNAs
(e.g., regulatory RNAs). Indeed, the insertion of a large number (20–30) of RBP binding sites into a
small target RNA as well as its later decoration by RBP-GFPs leads to a significant increase of RNA size
that could interfere with its biological function, making a size reduction of the labels a high priority.
As was the case for protein labels, significant size reduction can be obtained by exchanging the bulky
GFP for a smaller fluorescent synthetic dye. Constructs in which tandem repeats of RNA aptamers
(i.e., small nucleic acid folds able to specifically recognize a target molecule) specific to a dye can be
inserted into the target RNA, and the labeling can be obtained by placing cells in culture medium
containing a membrane permeable dye. Aptamers binding specifically to fluorescent dyes such as
sulforhodamine, fluorescein [16] or modified cyanines [17] can be used in arrays [17,18]. However,
since the dye emits fluorescence even in its free unbound form, such approach may suffer from
significant background fluorescence, limiting its application spectrum. Nevertheless, this limitation
can be overcome by exchanging the fluorescent dye for a fluorogenic one. In this view, a seminal work
by Tsien’s group showed that, not only an RNA aptamer can specifically interact with a target molecule,
but this interaction can also strongly increase the fluorescence of compounds such as Malachite green,
making such aptamer/dye couple fluorogenic [19]. This discovery was all the more astonishing that
the Malachite green-binding aptamer was not originally selected to function as a light-up aptamer but
rather to mediate site-specific inactivation of target RNAs [20]. Since then, a variety of fluorogenic
dyes and their cognate RNAs have been developed [21] (Table 1). This short review will be primarily
focused on the main design strategies of each partner (the dye and the RNA) prior to giving a rapid
overview of their application scope ranging from in vivo live-cell RNA imaging to in vitro small
molecule biosensing. For a more general view of the current technologies available to image RNA,
the reader is redirected to other reviews [22–25].
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Table 1. Main RNA-based fluorogenic modules and their properties.

Fluorogen
Light-Up
Aptamer

KD
(nM)

Ex./Em.
(nm)

ε 1

(M−1/cm)
Φcomplex 2 Brightness 3 Relative

Brightness 4 Ref.

GFP / / 395/508 21,000 0.770 16.20 0.60 [26]
eGFP / / 490/508 39,200 0.680 26.60 1.00 [26]
OTB DiR2s-Apt 662 380/421 73,000 0.510 37.23 1.40 [27]

Hoescht Apt II-mini3-4 c 35 345/470 n.a. 0.260 n.a. n.a. [28]
DFHBI Spinach 540 469/501 24,300 0.720 17.50 0.65 [29]

DFHBI-1T Spinach2 560 482/505 31,000 0.940 29.10 1.10 [30]
DFHBI-1T Broccoli 360 472/507 29,600 0.940 27.80 1.04 [31]
DFHBI-2T Spinach2 1300 500/523 29,000 0.120 3.48 0.10 [30]

RG-DN DNB 4480 507/534 37,350 0.320 11.90 0.44 [32]
TO-1 Mango 3 510/535 77,500 0.140 10.85 0.40 [33]

DFHO Corn 70 505/545 29,000 0.250 7.25 0.27 [34]
CY3-BHQ1 BHQ apt (A1) n.a. 520/565 n.a. n.a. n.a. n.a. [35]

DFHO Red-Broccoli 206 518/582 35,000 0.340 11.90 0.44 [34]
TMR-DN DNB 350 555/582 47,150 0.900 42.43 1.60 [32]

SR-DN DNB 800 572/591 50,250 0.980 49.24 1.80 [32]
DIR DIR apt 86 600/646 134,000 0.260 34.80 1.30 [36]

Mal. Green MG aptamer 117 630/650 150,000 0.187 28.00 1.05 [19]
DIR-pro DIR2s-Apt 252 600/658 164,000 0.330 54.12 2.00 [27]

TO-3 Mango 6–8 637/658 9300 n.a. n.a. n.a. [33]
Patent Blue SRB apt 23 n.a./665 n.a. 0.034 n.a. n.a. [19]

1 Absorption coefficient (ε); 2 Quantum yield of the complex (Φcomplex); 3 Brightness calculated as
Brightness = (ε × Φcomplex)/1000; 4 Brightness expressed relative to eGFP. n.a.: not available. RNA modules
were ordered according to their fluorescence emission wavelength.

2. Development of RNA-Based Fluorogenic Modules

RNA-based fluorogenic modules are made of two components: a fluorogenic dye (later called
fluorogen) and a specific light-up RNA aptamer. In an ideal case, such module should feature five
essential properties. (i) The module should be as bright as possible to ensure sensitive detection,
ideally down to single molecule resolution. Therefore, the dye should have an elevated absorption
coefficient (ε) and its interaction with the RNA should place it in a conformation and an environment
maximizing its quantum yield (Φbound) that should be as close as possible to 1. (ii) In its free form,
the fluorogen should display the lowest possible quantum yield (Φfree) to minimize background
fluorescence. Consequently, a good fluorogenic module is expected to have the highest possible
fluorescence enhancement (calculated as the ratio of Φbound over Φfree). (iii) The RNA–dye interaction
should be highly specific and bio-orthogonal (i.e., cell compounds or reagents of the assay should
not interfere with the interaction). (iv) Moreover, the interaction should occur with a high affinity
(dissociation constant KD in the nM range or less) to make using low concentration of the dye possible
and to keep fluorescence background as low as possible, which allows getting high contrast [37].
(v) Finally, the module should be as photostable as possible to allow prolonged data acquisition.
Since both components of the module affect all these parameters (with the exception of the second
one that is only affected by the dye), the proper development of an RNA-based fluorogenic module is
not a trivial task and both the dye and the RNA should be developed while trying to stay as close as
possible to the ideal scenario depicted above.

2.1. Fluorogenic Dye Engineering

The fluorogen plays a key role in the functionality of a fluorogenic module by contributing to both
its brightness and its photostability. Moreover, for live-cell applications, additional parameters such as
membrane permeability and the lack of toxicity of the dye should also be considered. The fluorogenicity
of a dye can be obtained in various ways encompassing but not limited to charge (or proton) transfer,
conformational change, isomerization or even dye aggregation [38]. Several of these principles having
been used for the development of RNA-based fluorogenic modules.
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Many compounds are known to become highly fluorescent upon interaction with nucleic
acids [39]. Among them, ethidium bromide [40] and Hoechst 33258 [41] are environment sensitive
dyes characterized by a poor fluorescence in aqueous solution. However, upon binding to a DNA
molecule (respectively by intercalation between base pairs or binding in the DNA minor groove at
AT-rich region), the dye is placed into a non-polar environment that strongly increases its fluorescence
(Figure 1a). The non-specific DNA binding capacity of these dyes can lead to significant unwanted
background fluorescence when used in cell-based assay. However, this property can be suppressed
by decorating the dye with additional chemical functions. For instance, substituting Hoechst 33258
with bulky groups allowed designing derivatives no longer capable of non-specific DNA binding,
but preserving their fluorogenic capacity and becoming fluorescent only upon specific interaction with
DNA and RNA aptamers [28,42] (Table 1).

 

Figure 1. Main conception strategies of fluorogens. (a) Environment sensitive fluorogens. Molecules
such as Hoescht 33258 (formula in blue) emit blue fluorescence upon association with DNA minor
groove. Modifying the fluorogen with bulky groups allows aborting this non-specific DNA binding
capacity, while preserving the fluorogenic capacity that can be now specifically activated by the
cognate aptamer [35]. (b) Molecular rotor fluorogens. DFHBI (formula in green) [29] eliminates
excitation energy by molecular movements (red arrows). However, upon association to the cognate
aptamer, movements are restricted and fluorogen energy is eliminated by fluorescence emission.
(c) Quenched fluorogens. Sulforhodamine B (formula in red) fluorescence is quenched by a conjugated
dinitroaniline (formula in black and shaded in gray) [32]. However, the fluorescence is restored upon
the specific recognition of the quencher (or the fluorophore moiety in other systems) by an aptamer.
In every example, RNA aptamer is represented by the croissant-shaped object and the fluorogen by the
rectangles. (d) Distribution of fluorogen emission wavelength along the visible spectrum.

Fluorogenicity can also result from intramolecular movements allowing for non-radiative
relaxation of the dye upon excitation (Figure 1b). Such compounds, hereafter called molecular rotors,
are poorly fluorescent in their unbound form in a fluid environment. However, fluorescence can be
restored by restricting intramolecular movements either by strongly increasing medium viscosity,
or upon specific interaction with a nucleic acid. Triphenylmethane dyes (e.g., Malachite Green (MG)
and Patent Blue, Table 1) were the first class of compounds for which specific RNA light-up aptamers
were identified [19,20]. Among them, MG shows an impressive ~2400-fold fluorescence enhancement
when bound to its cognate RNA aptamer [19]. Nevertheless, MG light irradiation is known to
elicit the generation of free radical leading to subsequent RNA cleavage [20], making this approach
potentially toxic for living cells [34,43,44]. Moreover, MG was also found to be able to generate
significant background fluorescence within mammalian cell [45] and bacteria [46], further limiting
the use of this system. Unsymmetrical fluorogenic cyanines constitute a second attractive class of
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fluorogenic molecular rotors composed of two different heterocycles connected by a methine bridge
subjected to twisting in fluid solution [47,48]. Thiazole Orange (TO) is a good representative of
these dyes, but it is also characterized by a significant non-specific DNA binding capacity [49,50].
However, as with Hoechst 33258, modifying the dye makes it possible to strongly attenuate this
adverse effect. Indeed, using a large dimethylindole heterocycle and substituting the quinolone ring
with a propylsulfonate group led to Dimethyl Indole Red (DIR), a TO derivative displaying a strongly
reduced non-specific interaction with nucleic acids [36]. Alternatively, adding an acetate group on the
benzothiazole moiety led to TO-1, a TO derivative also displaying a reduced affinity for DNA [33].
Moreover, a specific RNA aptamer was developed for each TO derivative (Table 1). In addition
to their elevated absorption coefficient, cyanines are attractive molecules from a spectral point of
view since their excitation/emission spectra can be easily modulated by changing the length of the
methine bridge. Indeed, simply lengthening this bridge by two carbons converted the green emitting
TO-1 into a red-emitting TO-3 [33]. Despite these promising properties, one can also foresee that
current cyanine-derived dyes may suffer a potential limitation regarding cell-permeability. Indeed,
the charged (e.g., acetate and sulfonate [27]) and bulky polar groups (e.g., PEG-biotin [33]) used to
prevent non-specific binding, may also affect the capacity of the dyes to freely cross the cell membrane.
Nevertheless, transiently caging these groups (e.g., by protecting carboxylic group as acetoxymethyl
(AM) esters) may improve their membrane permeability. A last class of molecular rotors is made of
GFP-mimicking dyes, a set of synthetic fluorogens that mimic the fluorophore of the GFP formed
upon the cyclization of the Ser-Tyr-Gly tripeptide. Many derivatives of these fluorogens have been
synthesized and used to develop a variety of sensors (see [51] for a recent review). Among them,
the 3,5-difluoro-4-hydroxybenzylidene imidazolinone (DFHBI, Table 1) was developed by Jaffrey’s
group in 2011 together with a specific light-up aptamer [29]. Among other interesting features,
DFHBI displays a ~1000 fluorescence enhancement in the presence of specific binding aptamers,
it is non-toxic and has good cell permeability. Further substituting the imidazolinone cycle with a
trifluoroethyl or a pentafluorophenyl group allowed obtaining DFHBI-1T [30] and DFHBI-PFP [45],
two dyes with improved brightness and spectral properties. Whereas these GFP-mimicking dyes
emit in the green region of the spectrum, the recent development of the DsRed-mimicking dye
3,5-difluoro-4-hydroxybenzylidene imidazolinone-2-oxime (DFHO, [34]) and others [52] also makes
possible imaging nucleic acids in the orange-red region of the spectrum.

Finally, fluorogenic dyes can be obtained by appending a quenching group to a fluorescent
organic dye (Figure 1c). In its free off-state, the fluorescence of the dye is quenched by a mechanism
of photoinduced electron transfer (PET, [53,54]), Förster resonance energy transfer (FRET, [35]) or
contact-mediated quenching [32,55]. However, the presence of an aptamer specifically recognizing
either the dye [16,55] or the quencher [32,35,53] moiety allows for retrieving the fluorescence of the
dye and the emission of a bright fluorescence (Table 1).

All together, these different strategies allowed designing a variety of fluorogens with fluorescence
emission spanning most of the visible spectrum (Figure 1d) and brightness sometimes exceeding that
of the broadly used GFP (Table 1).

2.2. Isolation of Fluorogenic RNA Aptamers

Once a fluorogen has been designed, the molecule can be used as target for the isolation and
the optimization of a specific light-up RNA aptamer using two conceptually different approaches:
(i) a selection strictly speaking during which an RNA pool is challenged to interact with the dye and
only the best binders are recovered; or (ii) a screening approach where the light-up capacity of each
molecule is analyzed and only the most fluorogenic ones are recovered.

2.2.1. Aptamers Selection Based on Binding Capacity

Historically, RNA (or DNA) aptamers are isolated using the Systematic Evolution of Ligands by
EXponential enrichment (SELEX) approach [56,57], a set of technologies particularly well suited for
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the identification of nucleic acid specifically recognizing virtually any type of target, ranging from
ions to more complex proteins [58]. Conceptually, SELEX works by performing iterative rounds of
selection to exponentially enrich an RNA (or DNA) library in molecules able to bind a target molecule.
Moreover, SELEX possesses the attractive capacity of handling large sequence diversity (1012 to 1015

sequences) in a single experiment.
Depending on target size and physicochemical properties, several variations of SELEX have been

introduced. However, all the new light-up RNA aptamers isolated so far were obtained through the
same selection scheme (Figure 2). The success of such selection relies mainly on the proper design of
the starting library as well as the partition mode used during the selection process. The starting DNA
gene library is usually obtained by inserting a randomized region of ~50 nucleotides or more between
two constants regions. Moreover, early work on the selection of aptamers targeting small molecules
showed that interrupting the randomized region with a short constant hairpin may increase the success
rate of a selection process [59] and, interestingly, the use of such discontinuous randomized libraries
allowed isolating some of the best fluorogenic aptamers described so far [27,29,31,36]. The selection
process is then initiated by transcribing the DNA gene library into an RNA pool prior the selection step
where target-binding RNAs are partitioned away from the non-binding ones. To do so, the RNA pool
is usually incubated with beads (e.g., streptavidin-conjugated agarose or magnetic beads) displaying
the fluorogenic dye attached via a PEG linker. After several washing steps, the retained RNAs are
eluted and reverse transcribed into cDNAs. These cDNAs can be later PCR-amplified and used
to prime a new round of selection. Gradually increasing the wash stringency (e.g., increase the
number and/or the duration of the wash) during the selection process allows favoring the selection
of aptamers with the highest affinity for the dye while the poorer binders are counter selected.
Moreover, the choice of the elution mode may also significantly affect the properties of the selected
molecules. For instance, immobilized RNAs can be eluted using an excess of free dye. Such a general
selection scheme led to the isolation of several fluorogenic RNAs such as the Malachite Green-binding
aptamer [20], the DFHBI-binding aptamer Spinach [29], the DFHO-binding aptamer Corn [34] and the
Dimethylindole Red-binding aptamer [27,36]. However, even though competition-based elution may
favor the isolation of aptamers having great specificity for the dye moiety, they also suffer the major
drawback that variants with low dissociation constant, so very high affinity, might likely be counter
selected and lost. This may partly explain why these aptamers have a moderate affinity (KD ~ 0.1–1 μM)
for their cognate dyes. This limitation could be overcome by changing the elution mode. For instance,
the insertion of a disulfide bond within the linker between the dye and the bead, allows for the elution
of dye/RNA complexes by adding dithiothreitol [32]. Alternatively, retained RNAs can be recovered
by eluting them under denaturing conditions (e.g., heating, addition of urea, formamide, NaOH, etc.)
as used for the selection of Hoechst-binding aptamer [28] and TO-1-binding Mango RNA aptamer [33].
Combined with drastic washing conditions (ionic strength reduction and addition of free competitive
dye in the washing buffer), denaturing elution allowed the isolation of Mango RNA, a fluorogenic
aptamer forming a fluorescent complex with the thiazole orange derivative TO-1-biotin characterized
by a KD in the nM range, the highest affinity described so far for a fluorogenic module (Table 1).
Nevertheless, one should note that RNAs isolated by non-competitive elution might also display
affinity not only for the dye moiety but also accessory elements. This is well exemplified by Mango
RNA that recognizes the TO-1-biotin not only via its thiazole orange moiety, but also displays some
affinity for the PEG linker and the terminal biotin [60].

Upon isolation, fluorogenic aptamers can be further optimized by truncation and rational design.
For instance, rationally inserting a few mutations in the Spinach aptamer resulted in Spinach2,
a DFHBI-binding aptamer with improved folding properties [61]. However, some beneficial mutations
may be difficult to predict and improving these aptamers may require individually testing many
mutants. Moreover, an intrinsic limitation of SELEX is linked to the way selections are performed.
Indeed, in this format, molecules are selected for their capacity to bind a fluorogen rather than for their
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capacity to trigger its fluorescence. Therefore, screening approaches, in which molecules are directly
analyzed for their fluorogenic capacity, represent an attractive complement to SELEX.

 

Figure 2. General overview of an in vitro selection using Systematic Evolution of Ligands by
EXponential enrichment (SELEX). Each round proceeds in four main steps. A gene library is in vitro
transcribed (Step 1) and mixed with beads displaying the fluorogen. Poor binders are eliminated by
wash of variable stringency (selection pressure, Step 2) prior to recovering binding RNAs during the
elution step (Step 3). Finally, RNAs are converted into cDNAs (Step 4), later used to prime a new round
of selection.

2.2.2. Aptamers Isolation Based on Their Fluorogenic Capacity

Screening a light-up aptamer gene library requires isolating each gene prior to its expression
into RNA followed by the assessment of its light-up capacity. In a first scheme, the library can be
inserted into an expression plasmid later used to transform bacterial cells that will express light-up
aptamers [31,62]. Bacteria can then be screened in two ways. First, they can be plated onto a solid
medium supplemented with the fluorogen and allowed to grow until forming colonies [62]. The plates
are then observed under fluorogen exciting light and the most fluorescent clones are recovered
(Figure 3a). Even though it is simple and direct, such approach suffers from a limited throughput (a few
thousand clones per day) and exploring large libraries can rapidly become time consuming, tedious and
expensive. Alternatively, upon gene expression the cells can be incubated with the fluorogen prior to
being screened using a Fluorescence-Activated Cell Sorter (FACS) (Figure 3b) [31], which substantially
increases the analytical throughput (up to several million genes analyzed per day). However,
even though it is more accurate, these screening approaches explore a much smaller fraction of
the sequence space than SELEX does. Therefore, preferred methods combine library pre-enrichment by
SELEX followed by ultrahigh-throughput screening using FACS. Such a tandem procedure was already
used to obtain different light-up aptamers such as Broccoli [31], a new DFHBI-binding molecules [63]
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and Corn [34]. These in vivo approaches offer the great advantage of directly assaying the performance
of the aptamers in the cellular context, and in doing so to select those RNAs with optimal in vivo
performances. However, they also suffer two major drawbacks: (i) the absolute need of using a
cell-permeable fluorogen (a property dispensable for in vitro applications); and (ii) the applicable
selection pressures are limited to those compatible with living cells (e.g., presence of potassium,
physiological pH and temperature). Moreover, in the case of FACS, since the analysis is performed
at single cell level, the screening may also face cell-to-cell expression variability and requires the
co-expression of an internal fluorescent standard (e.g., GFP and mCherry).

 

Figure 3. Main screening strategies for isolating light-up RNA aptamers. (a) Colony screening [31,62].
SELEX-enriched gene library is cloned and expressed in bacteria plated on a solid medium
supplemented with the fluorogen. Upon incubation, colonies expressing light-up aptamers are
identified by fluorescence emission (green shadow) when illuminated with fluorogen excitation
wavelength. (b) FACS-based bacteria screening [31]. SELEX-enriched gene library is cloned and
expressed in bacteria incubated in the presence of the fluorogen. Bacteria fluorescence is then analyzed
on a FACS using a laser exciting the fluorogen. Fluorescence emitting bacteria (green shadow) are then
deflected and sorted from the rest of the population. (c) Miniaturized in vitro screening using large
integration scale microfluidic devices [64]. DNA coding for each variant is first spotted (red dots, Step 1)
onto a surface prior to assembling the microfluidic chip. Then, each DNA cluster is transcribed in RNA
later captured on a second spot of the chip (blue spot, Step 2). Finally, flowing the fluorogen into the
microfluidic channels (Step 3) allows the detection of light-up aptamers (green spot). Quantifying the
fluorescence emitted by each construct at various concentrations of fluorogen allows the determination
of parameters such as the brightness and the dissociation constant (KD). (d) Droplet-based microfluidic
in vitro screening workflow [65]. A gene library is diluted into a PCR mixture (in dark blue) prior to
individualizing the molecules into picoliter-sized water-in-oil droplets carried by an oil phase (in gray,
Step 1). Upon off-chip PCR amplification, small and amplified DNA-containing droplets (dark blue) are
synchronized and fused with larger droplets containing an in vitro transcription mixture supplemented
with the fluorogen (light blue, Step 2). Upon an incubation step allowing for in vitro transcription
to take place, the fluorescence of each droplet is analyzed and those droplets containing a light-up
aptamer (in green) are sorted from the rest of the population (in blue). Both fusion and sorting events
are triggered by the application of an electric field to built-in positive (pos, shown in red) and ground
(gnd, shown in black) electrodes.
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Most of the cell-based screening limitations can be overcome by switching to an in vitro expression
approach. Performing such screening in microtiter plate can rapidly become very expensive,
making the miniaturization of the process using microfluidics highly desirable [66]. A first level
of miniaturization can be achieved by using a large-scale integration microfluidic device made of
640 independent one-nanoliter chambers, each containing several copies of the DNA coding for
the variant to assay (Figure 3c) [64]. Then, genes are in vitro transcribed into RNA, which are later
individually assayed for fluorogenic capacity. Moreover, the possibility of varying ligand concentration
during the experiment allows the extraction of thermodynamic parameters of each variant in an
automated way. However, the low throughput of the method (640 chambers per run) mainly restricts
its use for refinement purposes. Further substantial throughput increase and cost reduction can be
achieved by transposing the screening to droplet-based microfluidics [65,67] (Figure 3d). In this
format, DNA molecules of a library are diluted into a PCR mixture and individualized at very high
throughputs (several thousands of droplets generated per second) in small two-picoliter water-in-oil
droplets. Upon thermocycling, each small droplet is fused to a larger 18-picoliter droplet containing
an in vitro transcription mixture supplemented with the fluorogen. Finally, upon a last incubation,
the fluorescence of each droplet is profiled and the most fluorescent ones (so those containing the
best light-up aptamers) are sorted. Using this approach, we recently isolated iSpinach, a variant
of the Spinach light-up aptamer optimized for in vitro applications (far less salt-sensitive, brighter
and more thermo-stable) [65]. The isolation of this variant was made possible by the great control
over the reaction conditions and the possibility of applying strong selection pressures difficult to
apply in cell-based screening (e.g., warming and complete replacement of potassium ions by sodium).
Therefore, droplet-based microfluidics screening is a viable and efficient way of isolating optimized
light-up aptamers for in vitro application. Finally, further automation of the process could be obtained
by integrating a Next Generation Sequencing analysis at the end of the process.

2.3. Features of the Best Characterized RNA-Based Fluorogenic Modules

Among the variety of RNA-based fluorogenic modules developed so far (Table 1), those involving
MG, fluorescent protein mimicking dyes (e.g., DFHBI and DFHO) and TO-1 are the best characterized,
especially from a structural point of view. Interestingly, even though each of these RNAs adopts a
distinct folding, they all possess a fluorogen-binding pocket comprising an extended planar platform
made of at least one base quadruple onto which the fluorogen is accommodated in a near planar
conformation competent for efficient fluorescence emission (see [68] for a recent critical review on the
topic). Whereas the MG-binding aptamer platform is made of mixed base quadruple [69], the platform
of all the other light-up aptamers is made from a stack of two or more G-quartets stabilized by
potassium ions [60,70–73], indicating that such platform might be a consensus solution to fluorogens
binding. However, beside this consensus platform, the rest of the fluorogen-binding pocket as well
as the recognition strategy vary from one aptamer to the other. Indeed, for instance, MG-binding
pocket acquires its structure only upon dye binding. On the other hand, in Spinach and its derivatives,
the DFHBI intercalates between the platform and a base triple whilst additional contacts are established
with lateral bases [70–72]. This pocket is formed prior to dye binding and was found to accommodate
other dyes [74] limiting the possibility of using these aptamers concomitantly to other ones in multiplex
experiments. Moreover, the pocket does not strongly constrain the dye that is free to rapidly isomerize
upon illumination followed by a rapid exchange with a non-isomerized fluorogen to restore the
fluorescent module [75]. DFHBI-based fluorogenic modules are therefore poorly photostable under
continuous-wave illumination and are better imaged using a pulsed mode illumination scheme.
This behavior challenges the accurate monitoring of some biological phenomena (e.g., RNA movement
in the cell). Moreover, even though no crystal structure has been solved yet for Broccoli (another
DFHBI-binding aptamer), the strong sequence homologies as well as photophysical behavior shared
with Spinach suggest that both aptamers are very likely to possess an identical fluorogen-binding
pocket [76]. Recently, the structure of Corn RNA in complex with DFHO has been resolved [73] and
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revealed that, surprisingly, the fluorogen-binding pocket does not lie into a single RNA molecule
but instead is formed by the interface of two interacting protomers of identical sequence, each made
of four base quadruples and six adenine residues asymmetrically oriented. This preformed binding
pocket can specifically accommodate a single DFHO and not only triggers its fluorescence but it
also constitutes a highly protective environment preserving the dye from photobleaching over a
long period of time [34]. Consequently, even though Corn/DFHO module is dimmer than the other
systems, its strong photostability makes it well suited for the prolonged imaging of RNAs in live cells.
Finally, the crystal structure of RNA Mango in complex with TO-1 helped explain in part the origin
of the elevated affinity in the complex. Indeed, like the other aptamers, Mango possesses a planar
platform made of G-quartets and interacts not only with the cyanine moiety but also with the PEG
linker and the biotin group of the fluorogen [60]. Interestingly, both heterocycles of the cynanine are
not coplanar but instead they make a 45 ◦C angle, suggesting that brighter mutants of the aptamer
that would accommodate the cyanine more coplanarly could, in principle, be isolated by functional
screening (a work currently in progress in our lab).

Up to now, RNA-based fluorogenic modules involving quenched fluorogen have been less
characterized. However, even though these modules display a lower affinity than the aforementioned
ones (Table 1), they have the great advantage of using very bright and photostable organic dyes
as fluorogenic moiety (i.e., symmetrical cynanines [35,77], Sulforhodamines [55] or Rhodamine
Green [32]), making them attractive for future developments.

3. Applications of RNA-Based Fluorogenic Modules

The development of RNA-based fluorogenic modules was initially motivated by the need for
genetically encoded tools to monitor gene expression and regulation at the RNA level. However,
the great flexibility and the ease to engineer these RNA molecules rapidly led to the development of
new sets of fluorogenic reporters with applications both in vivo and in vitro (Figure 4).
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Figure 4. Light-up aptamers engineering and uses thereof. (a) Light-up RNA aptamers can be
embedded into a scaffold RNA (here a tRNA) to improve folding efficiency and resistance to
RNases [29,61]. The construct can either be directly expressed from an independent promoter or
inserted into the sequence of a target mRNA. (b) Light-up aptamer sensing a target RNA in trans [77,78].
A key helix (light blue) of the light-up aptamer is engineered to weaken the structure of the RNA and
destabilized the fluorogen-binding site. Furthermore, sequences complementary to the target nucleic
acid (acting as a sensing part) are appended to both ends of the molecule (dark blue). Upon binding to
the target molecule (in black), the structure of the light-up moiety is stabilized and its fluorogen-binding
capacity is restored, leading to fluorescence emission (green shadow). (c) Light-up aptamer sensing
a target RNA in trans via strand displacement [79–81]. Sequences are appended to both ends of the
light-up aptamer and induce an alternative folding preventing the interaction of the aptamer with
the fluorogen. However, the binding of the target RNA to the construct induces a conformational
change restoring the structure of the light-up aptamer moiety and its fluorogen-binding capacity,
leading to fluorescence emission (green shadow). (d) Sensing target nucleic acids using split light-up
aptamers [82,83]. The aptamer is split into two halves, each possessing a sequence complementary
to the target nucleic acid (acting as a sensing part, in dark blue). Whereas both halves cannot form
a functional aptamer in the absence of the target nucleic acid, the presence of the latter drives the
productive association of both molecules into a functional light-up aptamer able to emit fluorescence.
(e) Allosteric light-up RNA aptamer [84,85]. The light-up aptamer is engineered to weaken the structure
of the RNA and destabilize the fluorogen-binding site. Moreover, the sequence of a sensing aptamer
(in dark blue) is inserted into that of the light-up aptamer via a communication module (in light blue).
Upon the interaction of the sensing aptamer with a target molecule (e.g., a metabolite or a protein),
the structure of the light-up aptamer is stabilized and its fluorogen-binding capacity is restored. Note
that all the examples are shown with the Spinach aptamer, but these concepts can be extended to any
other light-up aptamer.
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3.1. Live-Cell Imaging of Biomolecules

3.1.1. Live-Cell RNA Imaging

Direct expression of light-up RNA aptamers in cells can be challenging due to their degradation
by cell nucleases. Therefore, the molecules are usually expressed inserted into a second RNA such
as a transfer RNA (tRNA) [29,86] or a three-way junction [87] acting as a scaffold to both protect
the aptamer from rapid degradation and assist its folding (Figure 4a). Expressing such constructs
from a strong promoter (e.g., T7 RNA polymerase promoter in E. coli, 5S promoter in mammalian
cells) allows the expression of abundant non-coding RNAs to be monitored in prokaryotes [29,32,55]
and eukaryotes [29,31,34]. Moreover, recent publications reported on the possibility to insert
Spinach-derived aptamers into the variable region of bacterial tRNAs [88], within an apical loop
of the bacterial 16S ribosomal RNA [89] or in metazoan tRNA introns [90] while preserving the
natural functionality of the carrier molecules. Being able to image these non-coding RNAs not only
informs on their own expression but it can also be used to diagnose the whole associated pathway
(e.g., Pol III transcription, translation, etc.). Spinach was also found suited for imaging messenger
RNAs in organisms as diverse as bacteria [91–93], yeast [94], mammalian cells [61], viruses [95–97]
and algae [98]. The limited brightness and poor photostability of Spinach and its derivatives initially
limited its use to the imaging of mRNAs either aggregated [61] or labeled with tandem repeats
of up to 64 copies of the aptamer [93]. However, an improved understanding the photophysics of
DFHBI inactivation allowed devising pulsed excitation-based imaging procedures making it possible to
monitor Spinach-labeled RNAs over a much longer period of time [75] and enabling imaging much less
abundant mRNAs [93]. Furthermore, using spinning disk confocal microscopy and post-acquisition
image analysis algorithms it was possible to track the nuclear export of yeast mRNA labeled with a
single copy of Spinach [94]. Interestingly, these studies also revealed that inserting the light-up aptamer
into the 3′ untranslated region of the mRNA did not affect the fate (i.e., localization, translation or
stability) of the labeled molecule.

Direct insertion of light-up aptamers into target RNAs is mainly limited by the laborious
genetics required for modifying the locus of each target gene. This limitation can nevertheless be
overcome by using in trans-acting fluorogenic modules that are destabilized forms of the light-up
aptamer [77,78] (Figure 4b). In this approach, the aptamer is engineered at two levels. First, a helix
of the aptamer is truncated to weaken the structure of the RNA and abolish its capacity to interact
with the fluorogen. Second, sequences complementary to the target RNA are appended at both
extremities of the helix. Upon binding to the target RNA, the structure of the aptamer is stabilized and
its capacity to bind and activate the fluorogen is restored. Provided an unstructured region is accessible
in the target RNA, this approach can be used to image both mRNA [77,78] and small non-coding
RNA [99]. Moreover, embedding the aptamer into a scaffold RNA and triggering its activation by
a strand-displacement mechanism respectively improve the stability of the fluorogenic module and
increase signal amplitude [80,81] (Figure 4c). Further improvement in detection specificity and signal
amplitude can be obtained by using split aptamers [82,83] (Figure 4d). Recently, a split version of the
Broccoli light-up aptamer was also generated and embedded into an AND logic gate for sensing the
simultaneous presence of two target RNAs in vivo [100].

3.1.2. Live-Cell Imaging of Metabolites and Proteins

Its great structural flexibility enables RNA to fold into aptamers able to specifically recognize
virtually any type of molecule. Moreover, if the interaction between the aptamer and its target leads to
a structural remodeling or even the stabilization of RNA structure, then such aptamer can be used
for the conception of an allosteric biosensor in which a sensing module is connected to a reporting
module via a communication module (Figure 4e). Briefly, the structure of the reporting module
(a ribozyme or a light-up aptamer) is destabilized which keeps its function (e.g., RNA cleavage or
fluorescence emission) in an off state. However, the presence of the target analyte induces a structural
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change (or stabilization) of the sensing aptamer that is transmitted to the reporting module via the
communication module. The structure of the reporting RNA is in turn stabilized and its function
restored. This strategy was originally pioneered using ribozymes as reporting modules [101] and
early work with MG aptamer allowed establishing the proof-of-concept experiment using light-up
aptamers as reporter [84]. Since then, Spinach RNA-based fluorogenic biosensors have been developed
to specifically report on the presence of metabolites such as FMN [84], cyclic-di-GMP [85,102–104],
cyclic-di-AMP [105], cyclic AMP-GMP [106,107], cyclic-AMP [108], S-adenosylmethionine (SAM) [109],
S-adenosyl-L-homocysteine (SAH) [110], Thiamine Pyrophosphate (TPP) [111] and neurotransmitter
precursors [112]. The majority of these biosensors are built using riboswitch-derived aptamers. Indeed,
since these molecules have naturally evolved to switch RNA structure in cellular environment,
these aptamers possess the required structural flexibility and are able to efficiently discriminate
their cognate target from closely related analogues contained in the cell. Finally, even though they
were less used, allosteric biosensors can also be developed for protein detection [113]. With such
biosensor in hands it is then possible to precisely detect and quantify a target molecule in a dynamic
way and with single cell resolution. This allows the dynamics of a biological pathway to be monitored,
but also to characterize the enzymes involved in this pathway, paving the way for drug discovery
applications [105–107].

Whereas both sensing and reporting modules have key roles in the proper function of allosteric
fluorogenic biosensors, the communication module is probably the most critical element, as it drives the
information from one aptamer to the other. Usually, a communication module is rationally designed
based on thermodynamic considerations since such module would be extremely challenging to isolate
using a SELEX approach. However, the recent advances in high-throughput screening technologies
introduced above offer a new way of rapidly identifying optimal communication modules. For instance,
a large-scale integration microfluidic device was used to systematically screen a library of 94 different
Spinach-based glycine biosensor containing different communication modules while measuring their
response to various glycine concentrations [114]. Therefore, a single experiment allows accessing
both the fluorescence amplitude of many biosensors as well as their affinity for the glycine and their
dynamic range. Consequently, assisting the development of new biosensors by high-throughput
screening technologies should both accelerate their development and improve their performances.
Finally, one should note that a communication might be dispensable if one simply wants to develop an
aptamer-based protein-targeting fluorescent probe. In that case, the binding aptamer can be directly
connected to a light-up aptamer as recently exemplified by the use of a fluorogenic cyanine-binding
aptamer fused with a VEGF-binding aptamer [27].

3.2. In Vitro Applications

The possibility of detecting RNA via fluorogenic assays opened a whole bunch of applications
in vitro. First, inserting the sequence of a light-up aptamer into that of another RNA allows monitoring
in real-time the in vitro transcription of the construct [35,115] and, doing so, to compute its transcription
rate while decorrelating it from the translation rate of an encoded protein. This is of particular
importance in experiments aiming at engineering genetic circuits, especially for generating artificial
cells [116–118]. Being able to monitor transcription activity in an automatable way makes also possible
to set-up high-throughput microtiter plate-based screening of drugs targeting RNA polymerase
activity [115]. Drug screening actually represents a second important set of applications of light-up
aptamers in vitro. For instance, the fluorogenic function of the RNA can be transiently inactivated
by modifying (e.g., methylating) a key nucleotide to convert the aptamer into a fluorogenic substrate
of a modification-removing enzyme such as demethylases, a class of enzymes involved in several
diseases [119]. Monitoring reaction product apparition by the mean of the fluorogenic allosteric
biosensors introduced above [110,120,121] represents an alternative way of assaying enzyme activity.
In any case, these different strategies can easily be transposed to microtiter plate format to set-up a
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high-throughput screening workflow [115,119,120] and even an ultrahigh-throughput one by using
droplet-based microfluidics [121].

The great ability to predict to some extent the folding of an RNA sequence makes possible the
design of molecular circuits composed of two or several RNA (or DNA) elements trapped by folding
to keep the circuit silent [122,123]. However, in the presence of one or several target molecules, sensing
elements undergo structural rearrangements activating the circuit to compute the information and
eventually reports the presence of the targets via engineered light-up aptamer [79,83,124]. Whereas
simple circuit made of a split light-up aptamer directly sensing the target molecule would lead
to a signal stoichiometric to the input [124], the implementation of an enzyme-free amplification
loop [122,123,125] is expected to significantly increase the sensitivity of these assays.

Split and full-length light-up aptamers can also be used to devise in vitro procedures aimed
at assisting catalytic RNAs engineering [126,127], tracking RNA-based molecular complexes as
well as monitoring the formation of supramolecular assemblies such as those used in RNA
nanotechnology [128–131] directly through fluorescence emission measurements. Moreover, the proper
size and integrity of light-up-labeled RNAs can also be verified by gel electrophoresis followed by
specific staining of the target RNAs by the fluorogen directly in the gel [87,131]. Finally, light-up
aptamers inserted into a target RNA can serve as handles to specifically fish-out the labeled RNA and
its associated partners in native conditions by incubating a reaction mixture (e.g., a cell lysate) with a
biotinylated fluorogen and purifying the resulting complex on a streptavidin-conjugated resin [132].

4. Conclusions

Over the past decade, significant efforts were devoted to the development of new RNA-based
fluorogenic modules leading to a toolbox of modules covering the whole visible spectrum (Table 1).
Many of these modules are significantly brighter than the widely used GFP and, conversely to their
protein counterparts, they do not require oxygen since no maturation step is needed. Therefore,
labeling target RNAs with light-up aptamers is not only subjected to a low fluorescent background,
but RNAs can also be monitored in conditions in which fluorescent proteins could not be used
(e.g., anaerobiosis [104]). Besides direct RNA imaging in vivo, RNA-based fluorogenic modules also
found a wide range of applications as briefly reviewed in this article and it is very likely that many
new ones shall be developed in a near future (see below).

Interestingly, even though current modules are already pretty efficient and permitted multiple
questions to be answered, none of them completely fulfills all the criteria enounced in Section 2 of
this review, suggesting that there is still room for improvement in terms of sensitivity and robustness.
Indeed, most of the current light-up aptamers were obtained by SELEX using moderate selection
pressures and have dissociation constant (so affinity) for the fluorogen of tens of nM or more.
Thus far, Mango is the only RNA displaying a very high affinity for its fluorogen (KD of a few
nM), likely resulting from the use of very stringent wash and elution conditions. Therefore, applying
the same concept to other systems could yield modules with much higher affinity. This would reduce
the amount of dye in the assays and lead to a gain in sensitivity by improving the contrast of the
experiment [37]. Moreover, since SELEX-derived RNAs were selected for their capacity to bind the
fluorogen rather than their capacity to generate fluorescent complexes, it is likely that the fluorescence
of most of the current modules may still be sub-optimal. Indeed, our own experience with Spinach [65]
and Mango (on-going work in our lab) RNAs shows that revisiting these aptamers by a screening
approach may significantly increase their light-up capacity. Such improvement could result from
an increased brightness but also from a higher photostability. Indeed, both properties rely not only
on the fluorogen itself but also on capacity of the RNA to properly accommodate it and protect it
from unwanted photoisomerization and photobleaching. This last point was recently exemplified
by Corn, an RNA isolated by SELEX in tandem with FACS screenings, that forms with DFHO a
complex displaying an extraordinary high photostability [34]. This photostability likely results from a
caging of the fluorogen preventing its rapid isomerization [73]. This property is clearly contributed
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by the RNA since lighting-up DFHO with Broccoli did not yield a significant photostability [34].
Therefore, we anticipate that future selection schemes combining conventional SELEX with an
(ultra)high-throughput functional screening (e.g., FACS or microfluidic-based screening) together with
next-generation sequencing could lead to the efficient discovery of light-up aptamers with superior
turn-on and photostabilizing properties. This new generation of molecules should further enlarge the
already wide application range of RNA-based fluorogenic modules. For example, they would allow
labeling target RNAs with a limited number of aptamer repeats (ideally a single one) to make possible
single molecule resolution, thus enabling the tracking of low abundant RNA molecules, for instance
using super-resolution microscopy [133]. New generations of fluorogenic modules would not only
allow highly sensitive gene expression monitoring, but they could also serve to set-up new drug
screening pipelines as well as a variety of analytical platforms such as microarrays developed to
sense target molecules with size ranging from ions (recently exemplified by the capacity of Spinach
to specifically sense lead [134]) to more complex protein using allosteric biosensors such as those
introduce in this review. Finally, whereas this review was focused on RNA aptamers, DNA light-up
aptamers were also reported [28,52] and one should consider the possibility of applying the concepts
exposed throughout this review to the development of new DNA-based sensors.
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Abbreviations

Cy3-BHQ1 Cyanine 3-Black Hole Quencher 1
DIR Dimethyl Indole Red
DFHBI 3,5-difluoro-4-hydroxybenzylidene imidazolinone
DFHBI-1(2)T 3,5-difluoro-4-hydroxybenzylidene imidazolinone 1 (2) trifluoroethyl
DFHO 3,5-difluoro-4-hydroxybenzylidene imidazolinone-2-oxime
FACS Fluorescence Activated Cell Sorter
GFP Green Fluorescent Protein
MG Malachite Green
OTB Oxazole Thiazole Blue
RG-DN Rhodamine Green-DiNitroaniline
SELEX Systematic Evolution of Ligands by EXponential enrichment
SR-DN Sulforhodamine-DiNitroaniline
TMR-DN Tertamethyl rhodamine-DiNitroaniline
TO-1 (3) Thiazole Orange 1 (3)
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Abstract: Nucleic acid aptamers capable of selectively recognizing their target molecules have
nowadays been established as powerful and tunable tools for biospecific applications, be it
therapeutics, drug delivery systems or biosensors. It is now generally acknowledged that in vitro
selection enables one to generate aptamers to almost any target of interest. However, the success
of selection and the affinity of the resulting aptamers depend to a large extent on the nature and design
of an initial random nucleic acid library. In this review, we summarize and discuss the most important
features of the design of nucleic acid libraries for in vitro selection such as the nature of the library
(DNA, RNA or modified nucleotides), the length of a randomized region and the presence of fixed
sequences. We also compare and contrast different randomization strategies and consider computer
methods of library design and some other aspects.

Keywords: SELEX; aptamers; design of nucleic acid libraries

1. Introduction

Nucleic Acid (NA) aptamers [1] are a special class of nucleic acid molecules capable of tight
and specific binding with certain molecular or supramolecular targets, thanks to characteristic spatial
structures. The range of their targets is enormously wide. Nowadays, NA aptamers have been
generated to metal ions (e.g., mercury [2] and lead [3]), small organic molecules (e.g., theophylline [4]
and cocaine [5]), larger molecules (e.g., fluorophores [6,7] and porphyrins [8]), peptides and
proteins (e.g., hormones [9,10], enzymes [11,12], antibodies [13] and cell surface proteins [14]) and
liposomes [15]. These are just a few examples selected from a large diversity of NA aptamers. Nucleic
acid aptamers were selected from the NA libraries by means of the method of Selective Evolution
of Ligands by Exponential enrichment (SELEX) [16,17]. SELEX technology incorporates a variety
of related methods for selecting functional nucleic acids with the desired properties, including also
catalytic nucleic acids and riboswitches [18,19]. A selection process could also be aimed at finding
genomic sequences or expressible NAs with an affinity to a specific molecule, e.g., to reveal the sequence
specificity of NA-enzyme interactions [20,21]. In this review, we focus particularly on NA aptamers.

The main characteristics of NA aptamers are defined by their chemical nature. As nucleic acids,
these molecules possess a significant negative charge and are susceptible to nuclease hydrolysis,
and surrounding conditions (pH, ionic strength and the presence of certain ions) can influence
the stability of their secondary structure. Binding with a target molecule, the aptamer can change
the properties of the target, e.g., inhibit the enzymatic activity [11] or alter the characteristics
of fluorescent dyes [22].
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The molecular recognition function specifies the areas of possible applications of NA
aptamers. An ability to inhibit pathogenic proteins affords an opportunity to employ aptamers
as therapeutics [22–25]. Aptamers specific to certain cell-surface receptors, which are able to induce
an internalization process, could be used as vehicles for cell-targeted drug delivery [26]. Aptamers are
anticipated to compete with therapeutic monoclonal antibodies since the chemical synthesis of nucleic
acids is far simpler and more cost-effective than obtaining humanized antibodies (although the SELEX
process itself could become rather laborious). A set of chemical modifications is available to improve
the nuclease resistance and pharmacokinetics of NA aptamers [27]. It is also worth noting that aptamers
have the benefit of having a low immunogenicity typical for most oligonucleotides.

Bioanalytics represents probably the broadest application area of nucleic acid aptamers.
In principle, every aptamer can be considered as a recognizing module for a certain molecule. It is no
wonder that such a vast diversity of aptamer-based biosensors (also known as “aptasensors”) has been
created (see [28–31] for a review).

The main success criteria for any given aptamer include binding affinity, nuclease resistance
and convenience of chemical synthesis. All these properties are largely defined by the particular
nucleic acid library employed for SELEX. Therefore, the choice of library design has a great impact
on the overall efficiency of the selection. When generating the initial library, a researcher should
keep in mind the properties of the target (such as in capture SELEX for small molecules [32]) and
the end use of an aptamer (whether nuclease resistance is necessary or not) [27,33]. The importance
of covering a maximal sequence space (a multi-dimensional space of different sequences of a certain
length), the necessity of introducing a particular sequence or structural element should also
be taken into account. In some cases, additional effort is needed to obtain a library that
enables the generation of aptamers to SELEX-inaccessible (somewhat similar to non-immunogenic)
targets [34,35]. Thus, at the beginning of the study, one has to fill out a kind of checklist of the key
issues to choose the most suitable library design (Figure 1). The main aspects regarding the design
of the initial libraries for aptamer selection and the basic trends in library design will be reviewed and
discussed below.

Figure 1. An example checklist for an NA library design with the key issues to be considered.
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2. General Issues of Initial Library Design

2.1. DNA or RNA?

All SELEX studies can be generally divided into two groups. In the first group, the choice
of the type of nucleic acid library is predetermined by the task of the study such as for the in vitro
selection of ribozymes, riboswitches, DNAzymes or genomic SELEX studies. Experiments on
the isolation of RNA aptamers or artificial riboswitches intended to be expressed in cells also relate
to this group. The second group includes SELEX studies on aptamers that will be further employed
for research, therapeutic or bioanalytical purposes. In this case, a researcher can deliberately choose
the type of sugar-phosphate backbone.

The first decade in the development of SELEX technology was marked by a dominance of RNA
aptamers [36,37]. This was possibly due to the common opinion that only RNA molecules could form
functional motifs [38]. At the very beginning of the SELEX era, Ellington and Szostak demonstrated
the ability of single-stranded DNA to fold into functional spatial structures [39]. Nevertheless, until
2007, about 70% of all experiments in the field related to RNA aptamers [36]. The distribution became
quite the opposite in 2008–2013: DNA aptamers now occupy 70% of SELEX studies, and no significant
differences were found in the distributions of the lowest KD values [36]. DNA and RNA aptamers
generated for a number of small-molecule targets have demonstrated similar affinities [40].

Thus, neither the RNA nor DNA libraries provide any systemic preferences for the isolation
of affine aptamers [36]. Such preferences can clearly be attributed to some modified nucleic acids,
e.g., Slow Off-rate Modified Aptamers (SOMAmers), which will be discussed below. The particular
conditions of an aptamer’s application also influence the choice of a sugar-phosphate backbone.
An enhanced nuclease resistance could require the use of backbone chemical modifications, which will
be briefly described in the next section. According to [37], the number of aptamers isolated from
non-natural nucleic acid libraries increased significantly in 2011–2015.

2.2. Backbone Modifications of NA Libraries

A number of popular applications of in vitro selected aptamers—such as the design of new
therapeutics or engineering of drug delivery systems and biosensors—assumes their use in biological
media containing different nucleases. Both DNA and RNA aptamers are susceptible to nuclease
degradation. To protect them, a large set of chemical modifications of the sugar-phosphate
backbone has been developed. However, any post-selective chemical modification of individual
aptamers can affect binding affinity, so the modification pattern should be optimized in every
particular case, which is rather laborious and time-consuming. Therefore, it seems reasonable
to introduce modified nucleotides into the initial library to select molecules that are both affine
and nuclease-resistant. One of the most important criteria for such pre-SELEX modifications is
the compatibility of modified nucleotides with all enzyme reactions involved in a selection protocol.
A number of chemical modifications meeting this requirement are now available (see the reviews
in [27,35,41–43]), including ribose (2′-NH2, 2′-F, 2′-O-Me, 4′-S-, LNA (locked nucleic acids), TNA
(threose nucleic acid), FANA (fluoroarabino nucleic acid) and HNA (1,5-anhydro hexitol nucleic acid))
and internucleoside phosphate (boranophosphate or phosphorothioate) modifications (Figure 2).
Among them, 2′-modifications are clearly at the top of the list. The first SELEX-compatible
2′-modification was the replacement of ribose 2′-OH by an amino group [44]. However, this type
of modification was then quite rarely used, owing to problems with the chemical synthesis
of 2′-NH2-modified aptamers and the negative impact of the 2′-amino group on the ribose
conformation [35]. In contrast, the 2′-F modification of pyrimidine nucleotides, which was proposed
almost at the same time, gained outstanding popularity since it provided sufficient nuclease
resistance, did not dramatically affect the RNA spatial structure and could be introduced by even
using a non-modified T7 RNA polymerase under optimized conditions [45]. To apply any other
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SELEX-compatible modifications as mentioned above, one should use mutant versions of polymerase
enzymes (see [41,46,47] for reviews).

Figure 2. Sugar-phosphate backbone modifications compatible with a SELEX procedure. LNA: locked
nucleic acids; TNA: threose nucleic acid; FANA: fluoroarabino nucleic acid; and HNA: 1,5-anhydro
hexitol nucleic acid.

2.3. The Length of the Random Region

When choosing the length of the random region, a researcher should consider both the sequence
space and structural diversity. In the general case, the maximum possible sequence space for a random
sequence of N nucleotides comprises a total of 4N possible sequences. Therefore, for those quantities
of libraries that can be routinely obtained and handled, a maximal theoretical diversity can only
be reached for random regions shorter than 28 nt (7 × 1016 sequences ≈ 0.1 μmol corresponds to
a fully-represented library) [48]. Longer libraries are unable to extensively cover the sequence space.
On the other hand, longer sequences can fold into more complex structures that may be needed to
form a target-binding domain. Thus, a balance should be kept between the diversity of the sequences
and the desired complexity of the spatial structures formed by these sequences. For in vitro selection
of aptamers, 30–50-nt randomized regions are the most abundant [49].

With regard to the minimal sequence diversity to provide a sufficient selection, a value of 1011 is
often used (see [50]), based on SELEX publications from the early 1990s [1,51,52]. It should be noted
that all these works deal with RNA SELEX to small-molecule targets, so the question arises as to
whether such estimation is applicable for all possible types of targets and libraries.

Aside from the theoretical considerations, from a practical point of view, the length of the library
is governed by: (1) the convenience and cost of its chemical synthesis; (2) the possibility of PCR
(polymerase chain reaction) artifact formation in the course of an amplification of long libraries; and (3)
future applications of the selected aptamers. When an aptamer is further used for practical applications,
a shorter length of the oligonucleotide chain is always better. To minimize the length of an individual
aptamer, a series of its truncated variants has to be synthesized and tested to choose the minimal
one retaining target binding affinity. To avoid this resource-consuming procedure, Thiel et al. [50]
employed a short 51-nt library with a randomized region as short as 20 nt and demonstrated that this
length was sufficient to generate high-affinity 2′-F-RNA aptamers to protein targets.
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2.4. Primer-Binding Sites and Primer-Free SELEX

Traditional SELEX protocols, which are still prevalent today, imply the use of two fixed sequences
flanking the randomized region for primer annealing during amplification (Figure 3a). As a rule,
primer-binding sites (PBS) are about 20 nt in length. According to the statistical analysis performed
in [49], their length does not correlate with the length of a randomized region. The sequences
of primer-binding sites are designed to meet several general requirements, particularly to avoid
PCR artifacts emerging from self-association or secondary structure formation and to ensure efficient
polymerase extension. In the case of RNA SELEX, the 5′-primer contains a promoter sequence for
T7 RNA polymerase. A detailed guide to the design of the primer-binding sites can be found in [53].
Some examples of starting SELEX libraries and primers are given in the Table 1.

Table 1. Examples of starting libraries for SELEX. SOMAmers, Slow Off-rate Modified Aptamers.

Type Starting Libraries and Primers (5′->3′) Ref.

Classical SELEX

DNA

Library:
GGGAGACAAGAATAAACGCTCAA-N40-TTCGACAGGAGGCTCACAACAGGC
5′-primer: GGGAGACAAGAATAAACGCTCAA
3′-primer: GCCTGTTGTGAGCCTCCTGTCGAA

[45]

RNA, 2′-F-pyrimidine (Py)
modified RNA, 2′-NH2

Py modified RNA

Library:
GGGAGACAAGAAUAAACGCUCAA-N40-UUCGACAGGAGGCUCACAACAGGC
ssDNA template:
GCCTGTTGTGAGCCTCCTTGTCGAA-N40-TTGAGCGTTTATTCTTGTCTCCC
5′-primer: TAATACGACTCACTATAGGGAGACAAGAATAAACGCTCAA 1

3′-primer: GCCTGTTGTGAGCCTCCTGTCGAA

[45]

2′-O-Me RNA

Library:
GGGAGAGAGGAACGUUCUCG-N30-GGAUCGUUACGACUAGCAUCGAUG
ssDNA template:
CATCGATGCTAGTCGTAACGATCC-N30-CGAGAACGTTCTCTCTCCCTATAGTGA
GTCGTATTA
5′-primer: TAATACGACTCACTATAGGGAGAGGAGAGAAACGTTCTCG
3′-primer: CATCGATGCTAGTCGTAACGATCC

[54]

dRmY (2′-deoxy purine
ribonucleotides, 2′-O-CH3

Py ribonucleotides)

Library:
GGGAGAGGAGAAGGUUCUAC-N30-GCGUGUCGAUCGAUCGAUCGAUG
ssDNA template:
CATCGATCGATCGATCGACAGCG-N30-GTAGAACGTTCTCTCCTCTCCCTATAGTGA
GTCGTATTA
5′-primer: TAATACGACTCACTATAGGGAGAGGAGAGAACGTTCTAC
3′-primer: CATCGATCGATCGATCGACAGC

[55]

SOMAmers

Library: GATGTGAGTGTGTGACGAG-N40-CACAGAGAAGAAACAAGACC,
random region containing 5-(N-benzylcarboxamide)-2′-deoxyuridine (Bn-dU) or
5-[N-(1-naphthylmethyl)carboxamide]-2′-deoxyuridine (Nap-dU) in place of dT
5′-primer: GATGTGAGTGTGTGACGAG
3′-primer: GGTCTTGTTTCTTCTCTGTG

[56]

Capture SELEX

DNA

Library:
ATACCAGCTTATTCAATT-N10-TGAGGCTCGATC-N40-AGATAGTAAGTGCAATCT
Capture oligonucleotide: Bio-GTC-(CH2CH2O)6-GATCGAGCCTCA or
GATCGAGCCTCA-(CH2CH2O)6-GTC-Bio
5′-primer: ATACCAGCTTATTCAATT
3′-primer: AGATTGCACTTACTATCT

[57]

Pre-structured libraries

RNA

Library:
GGAGGCGCCAACTGAATGAA-N26-CUGCUUCGGCAG-N26-UCCGUAACUAGUUCG
CGUCAC
ssDNA template:
GTGACGCGACTAGTTACGGA-N26-CTGCCGAAGCAG-N26-TTCATTCAGTTGGCGCCT
CCTATAGTGAGTCGTATTACAT
5′-primer: ATGTAATACGACTCACTATAGGAGGCGCCAACTGAATGAA
3′-primer: GTGACGCGACTAGTTACGGA

[58]

1 Hereinafter in the table, the T7 promoter sequence is underlined.

Ideally, aptamer sequences generated by in vitro selection should bind their targets by means
of spatial structures formed only by nucleotides from a random region. For most aptamers, this is
indeed the case: the analysis of >2000 sequences from the Aptamer Database revealed that for a majority
of aptamers, their secondary structure was independent of primer-binding sites [49]. However,
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there was a number of outliers (examples in [59–61]). Taking this into account, primer-binding
sites cannot be simply cut off to minimize the length of the sequence during aptamer truncation,
and additional minimization studies are needed. Moreover, during the SELEX, primer-binding
sites could interact with sequences in the random region, hampering their target binding and/or
amplification (for more details, see [62] and the references therein).

These problems stimulated a search for SELEX approaches that minimize the influence
of primer-binding sites on the sequence and structure of selected aptamers (schematically depicted in
Figure 3). For instance, Shtatland et al. [61] showed that fixed regions of a genomic RNA library
(with Escherichia coli (E. coli) genome fragments as a random region) interacted with a random
region, which resulted in a large number of experimental artifacts. After the traditional SELEX
from this library on MS2 bacteriophage capsid protein, about 90% of the generated sequences were
represented by artifacts (not found in the E. coli genome). The authors proposed two alternative
selection strategies to neutralize the negative impact of constant regions: primer-annealing genomic
SELEX and primer-switching genomic SELEX. In the primer-annealing genomic SELEX protocol,
prior to selection, the RNA library was hybridized with two oligonucleotides complementary to
the primer-binding sites (Figure 3b). This approach provided 60% of the artifacts in the obtained
clones. During the course of primer-switching genomic SELEX, several rounds of classical SELEX
were performed, followed by a replacement of primer-binding sites and subsequent classical or
primer-annealing SELEX. To replace the flanking regions, the purified library was digested by the FokI
restrictase (restriction sites were introduced 9–13 nt from the random region); the sticky ends were
extended to blunt ends by a Klenow reaction; then, new primer-binding sites were ligated to the library.
This approach enabled the authors to decrease the fraction of unwanted products down to 10%.

Ouellet et al. successfully adapted the primer-annealing SELEX protocol for completely random
libraries [62,63]. Blocking oligonucleotides annealed with primer-binding sites eliminated their
negative impact in several selections on therapeutically-important targets.

The approach proposed by Shtatland et al. was further developed for the genomic SELEX on
the bacteriophage Ff gene 5 protein [64]. The authors hypothesized that constant nucleotides remaining
in the library after an enzymatic digestion could also influence the course of selection. In their version
of primer-free genomic SELEX, the Fok1 restriction site at the 5′-end was combined with a ribose
linkage at the 3′-end of the library (Figure 3c). Enzymatic digestion followed by alkaline treatment
provided a genomic insert free of any constant nucleotides. To regenerate the primer-binding sites for
amplification at every SELEX round, the authors employed thermal cycles of hybridization-extension
using the initial genomic library as a template.

Pan et al. [65–67] employed the possibility of using the second strand as a template for
completely randomized libraries. The authors developed two similar approaches for primer-free
SELEX, which allowed the use of DNA libraries with only two constant nucleotides or even without
constant positions (Figure 3d). The first approach was based on the introduction of Nt.BbvCI and
Nt.BstNBI restriction sites into the initial dsDNA library. These enzymes recognize dsDNA, but cleave
only one strand. A subsequent digestion of the library resulted in the formation of 32-nt ssDNA
(0 + 30 + 2), which was used for in vitro selection. The second DNA strand remained uncleaved and
acted as a template for the ligation of primer-binding sites prior to amplification. The second protocol
provides a completely primer-less DNA library. In this case, the authors supplied the initial DNA
library with Nt.BstNBI and BspMI restriction sites. Digestion by both restrictases provided the 30-nt
ssDNA library (0 + 30 + 0), while the treatment only by Nt.BstNBI gave an uncleaved second strand,
which also acted as a ligation template.

The possibility of using primer-free SELEX for completely randomized RNA libraries was
also shown in [68]. The authors developed a tailored SELEX approach, implying the use
of primers/adapters added previously by ligation and removed within the amplification processes
(Figure 3e). A randomized 40-nt region was flanked by two short constant sequences (4 and 6 nt) for
annealing the adapter oligonucleotides, so the total length of the aptamers generated by this method
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was as low as 50 nt. Further development of the method led to the design of the dual RNA library [69].
An introduction of both T3 and T7 RNA promoters (Figure 3f) allowed the generation of two different
RNA libraries. The transcription carried out by a T3 RNA polymerase provided a long “traditional”
RNA library with 34-nt random regions and conventional primer binding sites. Alternatively, the use
of T7 RNA polymerase obtained an RNA library for tailored SELEX, with the same N34 region flanked
by two short fixed sequences forming a stem that excluded their involvement in active functional
structures. The design of primer-binding sequences complementary to each other was also employed
in [70]. It is noteworthy that such stem-forming flanking sequences could, in some cases, hamper
the selection of aptamers [71].

Figure 3. Different variants of design for NA libraries for a primer-free SELEX. (a) A conventional
NA library; (b) blocked primer-binding sites for primer-annealing SELEX [62]; (c) the design
of primer-binding sites for primer-free genomic SELEX [64]; (d) the design of a DNA library for
primer-free SELEX from a completely randomized library [65]; (e) the RNA library for a tailored SELEX
in a complex with auxiliary oligonucleotides [68]; (f) the DNA template for a dual-RNA library suitable
for both conventional and tailored SELEX [69]; (g) DNA libraries lacking any constant nucleotides
for the primer-free SELEX protocol of Lai et al. [72]. PBS: primer binding site, 2′-OH-ribonucleotide,
3′-H-dideoxynucleotide.

Another protocol for primer-free SELEX was developed by Lai et al. [72,73] for a totally
randomized 30-nt DNA library aimed at selecting aptamers for HIV RT (Figure 3g). To amplify
the library after target binding, the authors proposed the use of a non-template ligation
of the 3′-primer-binding fragment containing the MnlI site by the thermostable RNA ligase at 60 ◦C.
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These ligation conditions are supposed to lower the possibility of secondary structure formation
and increase the efficiency of ligation as compared to the conventional T4 RNA ligase. The ligation
of the 5′-primer-binding site as a duplex containing the BbsI site was performed by the T4 DNA ligase.

A drastic approach to avoid the use of primer-binding sites was recently proposed by
Tsao et al. [74]. The Rotating Magnetic Field Magnetic-Assisted Rapid Aptamer Selection (RO-MARAS)
method enables the one-step generation of high affinity aptamers, which relies on the sophisticated,
but efficient, procedure of pool isolation. The protocol included an incubation of the starting library,
free of any constant nucleotides, with a target protein immobilized on the surface of magnetic beads.
This was followed by the employment of a rotating magnetic field to select the most tightly bound
molecules. Notably, the amplification of the enriched library before sequencing required a very
complex scheme to add primer-binding sites.

To summarize, a number of different initial libraries and selection schemes are now available
to generate the aptamers lacking primer-binding sites. We would like to emphasize that the absence
of fixed flanking sequences provides the important advantages of (1) decreasing the probability
of SELEX artifacts; and (2) shortening the overall length of the aptamer sequence. At the same time,
all primer-free SELEX protocols rely on the additional stages of ligation and restrictase digestion.
Insufficient ligation, or deletion of restriction sites during PCR amplification could result in a loss
of some potential binders, which can be considered as the pitfall of primer-free selection.

2.5. NA Libraries Containing Additional Constant Sequences

It should be mentioned that primer-binding sites are not the only possible constant regions
of the library having an auxiliary role. NA libraries can also be supplied by additional constant
sequences necessary for the immobilization within a capture SELEX approach. This approach,
first proposed by Nutiu et al. [75,76] for the selection of structure-switching aptamers specific to
ATP (adenosine triphosphate) or GTP (guanosine triphosphate), relies on the annealing of the so-called
docking sequence within a library to the complementary capture oligonucleotide bound to a carrier
through biotin–streptavidin interactions (Figure 4). In this way, prior to selection, the initial library
is immobilized on a carrier, and target binding causes a structural rearrangement, which results in
duplex dissociation and passing of the library to the solution. Therefore, the pool without target
binding affinity remains immobilized and can be easily separated from the enriched one. Aptamers
selected by this method gain the ability of structure-switching, which can be employed for engineering
analytical systems (e.g., fluorescent beacons) for the detection of target molecules. A capture SELEX
method turned out to be particularly suitable for selecting aptamers on small-molecule targets such as
antibiotics, toxins, drugs or food contaminants (see the reviews in [32,77]). The problem of separating
bound and unbound pools becomes crucial for these selections. After target binding, a change
of the properties of NA molecules is not significant enough to isolate the complexes from unbound
molecules in solution. Otherwise, the immobilization of small molecule targets masks potential binding
sites and also increases the probability of selecting aptamers with an affinity to the target-carrier
conjugate, but not to the target itself. Capture SELEX enables the selection of the target in its native
state in solution, while employing the advantages of resin-based isolation. Some shortcomings
of the method are connected with subsequent applications of structure-switching aptamers: during
their binding with a target in solution, a rearrangement of the structure could be different from that
of immobilized aptamers, which can influence binding affinity [32].

The design of a docking sequence for capture SELEX, namely the length and nucleotide
composition, should provide both strong immobilization before target binding and sufficient dissociation
afterwards [57]. As a rule, it is a heterosequence of 12–18 deoxynucleotides (see, e.g., Table 1) placed
within the random region (as in [57,78,79]), or extending one of the primer-binding sites (as described
in [80–83]). Currently, the capture SELEX strategy is generally employed for DNA selection, but also
suits RNA libraries. For example, Morse et al. [84] isolated RNA beacon aptamers specific to tobramycin;
interestingly, in this case, only a 6-nt capture deoxy oligomer was used for immobilization of the library.
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Figure 4. A general scheme of library design for a capture SELEX.

2.6. NA Libraries for a Genomic SELEX

Genomic SELEX is employed to screen sequences within a certain genome for aptamers or
regulator sequences, which interact with proteins or other ligands [85], such as DNA sequences
recognized by transcription factors [86], or RNA sites bound by splicing factors [87]. Initial libraries
consist of genomic DNA fragments, and the motifs obtained by this method are called “genomic
aptamers” [88].

Genomic SELEX libraries are derived from the genomic DNA of a given organism by means
of random priming and transcription. This allows the representation of all possible genomic aptamers
within a library. The first strand of a genomic DNA library is usually synthesized by the Klenow
fragment in the presence of the random primer supplied by a fixed sequence at the 5′-end. After
the reaction, the excess primer is thoroughly removed. The second strand is synthesized by the same
method. As a result, a set of genomic sequences is obtained, flanked by constant regions. At this step,
fragments of a certain length can be isolated, e.g., by electrophoretic separation. If RNA transcription
is required, the T7 promotor sequence is introduced by means of PCR with the corresponding primers.

The benefits of the genomic SELEX approach over the conventional one include the use of much
more restricted sequence space and the increased probability of selecting a biologically-relevant
aptamer. Since the initial library is obtained from genomic DNA, RNA selection can be performed
regardless of the expression level, thus making it possible to isolate RNA motifs with a low expression
level, or those expressible only at certain stages of a cell cycle. Unfortunately, non-expressible RNAs
can also be obtained [85].

3. The Design of Initial NA Libraries for More Affine Aptamers

One of the most important issues in the design of nucleic acids libraries is the maximal selection
efficiency, i.e., the highest probability of selecting tight-binding aptamers. In contrast to proteins,
nucleic acids possess a very limited repertoire of functional groups. Consequently, high binding
affinity is reached by combining the diversity of spatial structures with the available functional
groups. Otherwise, a toolkit of functionalities can be artificially expanded by adding extra chemical
modifications. Below, we discuss both of these possibilities.

3.1. Expanding the Chemical Repertoire of NA Libraries

A more obvious (but definitely not simpler) way to generate higher-affinity aptamers is to use
additional functional groups, thereby making nucleic acid aptamers more similar to proteins.

Expanding the chemical repertoire of NA libraries enables a selection of either better binders or
aptamers directed to target epitopes inaccessible for unmodified pools. Additional chemical functions
are generally introduced into heterocyclic bases (thoroughly reviewed in [35]).

SomaLogic, one of the world’s leading companies in the development of aptamers, has created
so-called SOMAmers, or Slow Off-rate Modified Aptamers. SOMAmers are selected from
base-modified nucleic acids libraries [56,89–93] (see Table 1 for example sequences of the library
and primers). Heterocyclic base modifications introduce protein-like functionalities, which provide
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a unique aptamer-target complex stability and even make it possible to select aptamers for previously
inaccessible targets. Novel hydrophobic base modifications for DNA libraries have also been recently
proposed by Chudinov et al. [94].

Heterocyclic base modification can also expand the genetic alphabet of nucleic acid libraries.
The use of an extra artificial base pair Ds:Px (Figure 5) in the starting library was proposed
by Kimoto et al. [95] to select VEGF-165 (vascular endothelial growth factor) binding aptamers.
The selected aptamers, which contained several artificial base pairs, possessed 100-fold higher binding
affinity as compared to the non-modified analogs. Sefah et al. [96] supplemented four natural bases
with non-natural nucleosides Z and P (Figure 5) to generate DNA aptamers binding to liver cancer
cells with nanomolar affinities.

Figure 5. Chemical structures of artificial base pairs Ds:Px [95] and Z:P [96].

Click-SELEX represents a relatively new method for introducing chemical modifications
into NA libraries. In this case, thymidine residues within a DNA library are replaced by
C5-ethynyl-2′-deoxyuridine, followed by the Cu(I)-catalyzed cycloaddition of the azide component.
The modified library is then employed in the modified SELMA (SELection with Modified
Aptamers) protocol for different targets [97–102]. For example, this method was used to generate
glycan-conjugated aptamers. Interestingly, in this case, the DNA aptamer served as a scaffold to
provide an optimal tertiary structure and flexibility for the glycoclusters, which were then used as
vaccine components.

Notably, expanding the chemical repertoire of NA libraries requires base-modified nucleotide
monomers and mutant polymerases, as well as more complex SELEX protocols. That is probably why
such a promising strategy has not yet become routine.

3.2. Structural Repertoire of Nucleic Acid Libraries

3.2.1. Uniformly Randomized Libraries

According to a widely-held point of view, all four nucleotides have to be uniformly represented in
the random region of the library. An equal distribution is considered to provide the maximal sequence
diversity, thus increasing the probability of selecting highly affine aptamers [103,104].

Currently, protocols for chemical synthesis have been developed to provide equal nucleotide
distribution in the random region, which consider the different reactivities of corresponding
phosphoramidites (see [53]). Methods of high-throughput sequencing and specially-developed
program packages enable the estimation of the smoothness of the randomization in terms of nucleotides
or short sequences, e.g., hexanucleotides [103,105]. In the latter case, a Gaussian profile is characteristic
for the balanced library.

Unfortunately, today, only a few studies devoted to the impact of nucleotide composition on
the structure of the library have been published. For example, the computer analysis of the structure
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distribution for random regions of RNA libraries revealed that for the 40-nt region, a shift to G and C
(30% each) led to the predominant formation of structures with more stems when compared to the same
A + U shift [106]. At the same time, for the 100-nt random region, such bias in nucleotide composition
was not significant and did not markedly change the distribution of secondary structures.

On the other hand, several experiments on RNA SELEX from smoothly-randomized starting
libraries have shown that the selection progress is accompanied by an accumulation of pyrimidine-rich
sequences and the loss of adenosine [50,104], both for targeted and non-targeted selections. The loss
of adenosine was observed for all adenosine-containing dinucleoside pairs. This corresponded to
a decrease in the overall minimum free energy of the RNA library, which resulted in RNA sequences
with higher predicted structural stability [50]. Therefore, a slight bias in the initial library, especially
a pyrimidine bias, can be considered as acceptable, since over the course of selection, the nucleotide
distribution will inevitably shift.

3.2.2. Doped and Segmented NA Libraries

When a starting library is designed to improve the properties of existing aptamers by determining
their target binding sites or for a functional analysis of natural RNA, the task is not a total
randomization, but a delicate varying of particular nucleotides within a certain sequence. To solve this
problem, one should choose doped or segmented NA libraries.

In their pioneering work, Bartel et al. [107] generated a doped library on the basis of the viral
RNA element of the Rev protein of human immunodeficiency virus 1 (HIV-1) to identify the binding
site for the protein. The 66-nt fragment of Rev-responsive element (RRE) was generated in such a way
that point mutations were introduced uniformly throughout the sequence at a rate of 30% with 5%
deletions (which meant that every position contained 65% of a wild-type nucleotide, 10% of each other
nucleotide and 5% deletions). An example of the use of doping strategy to explore the secondary
structure of the aptamer and determine its conservative positions is given in [108]. The authors
doped the sequence of the aptamer specific to the ricin A-chain (generated by the conventional
SELEX) at a 15% mutation rate. The doping strategy also helps to improve the affinity of the aptamer.
Burke et al. [106,109] employed it for a secondary SELEX of pseudoknot aptamers for an HIV reverse
transcriptase: truncated aptamer motifs found by the primary SELEX were doped at a 30% mutation
rate (70% of the wild-type base and 10% of each of the other bases).

Nevertheless, how can we choose the mutation rate suitable for a particular task and sequence?
To answer this question, Knight et al. [110] performed a comprehensive theoretical analysis of doped
selections and developed an algorithm to select the length of the doped sequence and mutation rate
depending on a given task. To search for sequences close to the wild-type, the authors recommended
a low mutation rate (about 5%). If the structure space had to be extended, the mutation rate increased
up to 30–50%. The concrete values for the doping scheme could be calculated by the developed method.

Apart from the doping of certain positions, segmental randomization is employed to specify
the sequence or optimize the structure of an aptamer. For this, certain parts of the sequence are replaced
by randomized stretches of the appropriate length. In principle, the segmental randomization can be
considered as a special case of a doped randomization with a mutation rate of 75%. Usually, segments
represent rather short sequences placed within certain elements of the secondary structure or other
wild-type context [53]. A contrary example is given in [60], where core RNA aptamer sequences were
flanked by 40- and 45-nt random regions to improve the aptamer analogs of green fluorescent protein.
Longer segments provide larger structural diversity, which increases the probability of generating
a better binder.

3.2.3. Nonhomologous Recombination as an Alternative to the Doping Strategy

Bittker et al. [111] proposed an entirely different approach of varying the existing aptamer
sequences to find conservative regions, identify binding sites or improve the affinity: a nonhomologous
random recombination (NRR). This method enables variation of the length of the library, deletion
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of inactive fragments and alternation of the mutual location of different motifs. For this purpose,
a sequential scheme of enzymatic synthesis of NRR libraries was developed (Figure 6), starting from
the treatment of the dsDNA library by DNase I and T4 DNA polymerase, which gives a mixture
of blunt-ended DNA fragments. During the recombination step, DNA fragments were treated with
the T4 DNA ligase under conditions favoring intermolecular ligation. The presence of an additional
5′-phosphorylated hairpin DNA containing a restriction site enabled both introducing the fixed
PBS to the ends of the library and regulating the length of the recombined molecules (by varying
the stoichiometry of the hairpin). Digestion of the resulted circular DNAs gave a pool of dsDNA
molecules with defined sequences at both ends.

Figure 6. A scheme of the nonhomologous random recombination method [111].

When the NRR approach had been applied to a model partly-enriched aptamer library, the authors
observed that NRR-derived aptamers accumulated several copies of the active motif. Therefore,
the NRR strategy was considered as a more effective alternative for error-prone PCR or site-directed
mutagenesis. This strategy might also be used instead of a synthesis of doped libraries. Although
the NRR protocol seems to be more complex, the synthesis of the NRR library, otherwise, does not
require a sophisticated doping scheme for chemical synthesis and enables almost unlimited exploration
of the sequence space. We presume that the NRR strategy could also bring benefits when used as
a basic SELEX protocol starting from an unselected random pool.

3.2.4. Nucleic Acid Libraries with Pre-Defined Secondary Structures

The design of starting libraries can also be performed in the framework of a paradigm
that does not follow uniform randomization. An alternative concept arises from the facts that
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the number of productive structures providing the selection of effective binders is limited and
the maximal accessible diversity of sequences folds in a restricted set of spatial structures (see [48] for
a review). A computer analysis of uniformly-randomized libraries of different lengths (20–100 nt) [106]
revealed that a limited set of secondary structures corresponded to every library. It was found
that the complexity of the structures increased with the length of the library, and every length was
characterized by three predominating structural motifs.

Thus, instead of a “smooth” randomization, it could be more beneficial to introduce secondary
structure motifs into an initial library. A pioneering work in the field was published by Davis
and Szostak [58]. Integrating structural data for aptamers that had been known at the time,
the authors observed a common element for all structures: a stem-loop, which appeared to act
as a structural anchor for recognition loops. Based on this knowledge, they designed an RNA library
containing an 8-nt stem-loop motif placed in the middle of the random region (Figure 7a, Table 1).
An equal mix of this pre-structured library with a conventionally-randomized one was employed in
the SELEX of GTP-binding aptamers. All resulting aptamers contained the hairpin insert, thus proving
the efficiency of the strategy. To further establish the proof-of-principle, the authors demonstrated that
more complex structures provided more active RNAs (by examples of GTP-binding aptamers and
ligase ribozymes) [112]. Notably, the hairpin motif derived in [58] was then successfully employed by
other researchers to generate aptamers for different small-molecule targets [113,114].

Secondary structure elements can also be successfully introduced into DNA libraries. To form
a hydrophobic pocket for steroid binding, Yang et al. [115] designed a DNA library containing
a three-way junction structure with a total of eight randomized positions (Figure 7b). The same
motif was also used in [116] to select structure-switchable aptamer beacons for the steroid hormone
dehydroisoandrosterone 3-sulfate (Figure 7c).

Attempts were also made to design DNA libraries in a manner that provided a preferential
formation of G-quadruplex structures. To generate hemin-binding G-quadruplex structures,
Zhu et al. [117] created DNA libraries containing 25–45% of guanosine in the random region.
The selection was successful, but the authors noted that G-rich sequences were harder to amplify by
PCR, which may lead to a loss of the best binders.

Ruff et al. [118] developed a general approach for the design of pre-structured DNA libraries, also
using a doping strategy. A structured DNA library with 60-nt random regions contained an RY pattern
(alternating purines (R) and pyrimidines (Y)) that favors stem formation. To increase the frequency
and diversity of loops and other non-stem structures within the patterned library, RY sequences
alternated with stretches of 3–4 random nucleotides. Moreover, every position in the RY sites was
slightly doped by nucleosides of another type: every R contained 45% A and G and 5% C and T,
and vice versa for Y. The authors performed competitive selections from the mix of unpatterned
and patterned libraries for three different target proteins (streptavidin, VEGF and IgE). The results
proved that namely a combination of RY fragments and doping provided the selection of the highest
affinity aptamers.

During the last decade, several approaches to in silico optimization of starting libraries
have been developed to lower the fraction of poorly-structured (and thus low-affinity) sequences.
Chushak et al. [119] developed a protocol for the computer optimization of RNA libraries prior
to the selection of aptamers for small molecules. The algorithm included two main steps. First,
the secondary structures of all possible sequences of a given length were analyzed. Based on secondary
structure data for existing aptamers, the authors derived a set of criteria that allowed selecting
an affective binder. At Step 2, 3D structures were built for all sequences meeting these criteria, followed
by molecular docking with a given target molecule that resulted in a minimal free energy rating.
Such high-throughput virtual screening enabled them to reduce a library of 2.5 × 108 sequences to
103–104 sequences suitable for the experimental screening and verification.

The concepts of doped and partly-structured RNA libraries complemented each other in
the method developed by Kim et al. [120]. The approach included the use of a definite set of starting
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sequences and certain mutation rates in certain positions within a random region (mixing matrixes).
To generate these two key sets of parameters, the authors employed graph theory and matrix
analysis, respectively. Starting RNA pools obtained by the proposed algorithms ensured the selection
of better binders when compared to the uniformly-randomized pools. The authors also developed
the web server RAGPOOLS (RNA-As-Graph-Pools) for designing and analyzing structured pools for
SELEX (http://rubin2.biomath.nyu.edu/home.html) [121,122]. It is worth noting that the synthesis
of the initial pool according to the mixing matrix (i.e., with an individual mutation rate for every doped
position) may be laborious and time-consuming.

Figure 7. Partially-structured NA libraries. (a) The pre-structured RNA library with the stem-loop
scaffold engineered in [58]; (b) the DNA library with three-way junction scaffolds for a steroid binding
engineered in [115]; (c) DNA libraries with three-way junction scaffolds for a selection of steroid-binding
DNA beacon aptamers [116]; and (d) highly structured RNA libraries engineered by the random
filtering (left) and genetic filtering (right) approaches [123].

Luo et al. [123] developed two computational methods to generate starting DNA libraries
with increased structural diversity: random filtering and genetic filtering. The random filtering
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approach is based on the secondary structure analysis of all sequences in the library and isolating
those containing five-way junctions as the most structured elements. Then, for every such sequence,
a set of mutant versions is generated with all four possible nucleotides at all positions not involved in
base pairing. Random filtering thus pre-enriches the starting library with highly-structured motifs,
hence increasing the probability of generating better binders. The genetic filtering approach aims to
create a library with a desired distribution (either uniform or not) of all secondary structure elements
(one-way, two-way, three-way, four-way and five-way junction). First, all secondary structures are
analyzed for a library of a given length and the primer-binding sites. The authors recommended using
24 random positions for the pool design to provide complete sequence coverage. After secondary
structure analysis, the pool is assigned a fitness score that indicates its proximity to the desired
distribution of the structure elements. New generations of pool designs are obtained by selecting
designs from previous generations with better (i.e., smaller) fitness scores and applying mutation,
copy and crossover procedures. Typically, 500–3000 generations are needed for the best pool design.
Examples of starting pools developed by random filtering and genetic filtering methods are given
in Figure 7d. The pool with a uniform structure distribution was tested in a wet SELEX experiment
aimed at finding ATP-binding DNA aptamers. Notably, the resulting aptamers possessed five-way
junction structures, and their binding affinities were close to those for previously published aptamers
from a conventionally-designed library. The authors concluded that although complexity alone could
not guarantee better target binding, higher complexity structures possessed the potential to yield
better aptamers. They also emphasized the importance of structural diversity, and not only structural
complexity in the starting pool.

To sum up this section, the use of NA libraries with pre-designed secondary structures is a very
promising strategy, which has been strongly underestimated until now. The inherent ability of nucleic
acids to form complex spatial structures is used here to its full extent. A pre-structured library
can be designed in silico considering the properties of a given molecular target. Once generated,
the pre-structured initial library is further used in a routine SELEX protocol without any additional
stages, modified nucleotides or unusual polymerases. However, it may be suggested that a combination
of base-functionalized monomers with a pre-defined secondary structure would provide even more
efficient starting libraries.

4. Conclusions

Nucleic acid aptamers generated by SELEX technology have proven themselves as highly selective
and high-affinity, biospecific molecules for a number of applications. Aptamers are now considered
as “chemical antibodies” with the advantages of chemical synthesis, long shelf-life and the ability
to be built into almost any system of interest. In principle, aptamers can be selected for nearly any
molecular or supramolecular target. However, to generate an efficient aptamer for a certain target,
one should choose the most suitable SELEX protocol, and the most important issue in this case is
the proper choice of an initial library. The design of a library is governed by the different parameters
of a particular system such as the need for nuclease resistance, hydrophobicity, the molecular weight
of a target molecule, etc. A classic design of a starting library, which still remains the most popular,
uses a uniformly-randomized region flanked by two fixed primer-binding sequences. These universal
“traditional” libraries are suitable for any SELEX target, from small molecules to proteins. Nevertheless,
a number of alternative strategies has recently been developed. Primer-binding sites can be deleted
to exclude their impact on the course of selection and to shorten the resulting aptamers. Different
primer-free selection strategies have proven successful for protein targets. On the contrary, to generate
an aptamer for a small-molecule target, it could be better to use the capture-SELEX technique, where
the library is resin-immobilized through an additional docking sequence and the target retains its
native structure. The smart design of random region enables the enrichment of a library with complex
spatial structures favorable for the selection of tightly-binding motifs. The shape of the random region
can be adjusted to fit the structure of the given molecule (or a class of molecules), so the “smart
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randomization” strategy might be recommended for any target. A chemical repertoire of initial
NA libraries can also be expanded to generate better binders and to obtain aptamers for previously
“SELEX-inaccessible” targets.

To summarize, a large variety of different approaches for library design is now available.
A conscious choice from this diversity and the development of novel approaches to design the initial
NA libraries would guarantee the generation of high-affinity aptamers for any desired ligand.
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Abstract: Aptamers are versatile oligonucleotide ligands used for molecular recognition of diverse
targets. However, application of aptamers to the field of amyloid β-protein (Aβ) has been limited so
far. Aβ is an intrinsically disordered protein that exists in a dynamic conformational equilibrium,
presenting time-dependent ensembles of short-lived, metastable structures and assemblies that have
been generally difficult to isolate and characterize. Moreover, despite understanding of potential
physiological roles of Aβ, this peptide has been linked to the pathogenesis of Alzheimer disease,
and its pathogenic roles remain controversial. Accumulated scientific evidence thus far highlights
undesirable or nonspecific interactions between selected aptamers and different Aβ assemblies likely
due to the metastable nature of Aβ or inherent affinity of RNA oligonucleotides to β-sheet-rich
fibrillar structures of amyloidogenic proteins. Accordingly, lessons drawn from Aβ–aptamer studies
emphasize that purity and uniformity of the protein target and rigorous characterization of aptamers’
specificity are important for realizing and garnering the full potential of aptamers selected for
recognizing Aβ or other intrinsically disordered proteins. This review summarizes studies of
aptamers selected for recognizing different Aβ assemblies and highlights controversies, difficulties,
and limitations of such studies.

Keywords: Alzheimer disease; amyloid β-protein; antibodies; cross-reactions; nucleotide aptamers;
oligonucleotide ligands; systematic evolution of ligands by exponential enrichment; specificity; therapeutics

1. Introduction

Specifically detecting or recognizing targets of interest—by molecular recognition—is fundamental
in many medical and scientific applications. Conventionally, antibodies have been used for detecting
antigenic targets, which may include large proteins, small peptides, polysaccharides, lipids, or nucleic
acids. Antibodies have been essential for diagnostic or routine clinical assays and immunotherapeutic
applications, and in important techniques such as immunohistochemistry, immunoprecipitation,
enzyme-linked immunosorbent assay (ELISA), and western blotting. Besides antibodies, however,
nucleotide aptamers (oligonucleotide ligands) have emerged since 1990 and progressed rapidly as
alternative molecular-recognition tools, offering many useful and novel scientific applications [1–6].
So far, US Food and Drug Administration (FDA) has approved one aptamer drug, Macugen® or
generically pegaptanib (Pfizer Pharmaceuticals Group, New York, NY, USA) [7,8], and reportedly,
some additional ten aptamers have undergone clinical trials for treating various conditions, including
macular degeneration, coagulation, cancer, and inflammation [5,6]. The continually increasing number
of reports on aptamers published since the initial 1990 publications [9–12] also vouches for the rapid
progress of aptamer science. Searching the MEDLINE database through PubMed for the phrase
“aptamer or aptamers” returns 328 reports published in the first decade of aptamer research. The same
search returns 9459 reports collectively from 2001 to the end of December 2017 (Figure 1). (Related to
aptamers, spiegelmers also are synthetic ligand-binding oligonucleotides, but spiegelmers comprise
non-natural L-nucleotides [13]).
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Figure 1. The phrase “aptamer or aptamers” was used as the search term on Pubmed. The number of
publications are plotted per publication year.

Importantly, aptamers offer additional advantages that antibodies do not (aptamer advantages
and disadvantages have been extensively compared to those of antibodies elsewhere [5]). For example,
aptamers effectively cause low or no immunogenicity and can be “selected” for many diverse
molecules, including toxic compounds, for which generating antibodies in vivo would likely be
impossible. Individual aptamers always interact with a single “aptatope”, whereas antibodies could be
monoclonal or polyclonal. Moreover, an aptamer’s selectivity and specificity for a particular target’s
aptatope can potentially be tested during the aptamer-selection process in vitro. An antibody’s target
specificity, however, cannot be ensured because antibodies are generated in vivo, and their capability
to distinguish between specific antigenic and less structured epitopes (e.g., polyclonal antibodies) or
between conformational epitopes (e.g., monoclonal antibodies) and their closely related molecular
structures is determined post facto.

Conformational specificity of antibodies or that of aptamers becomes particularly crucial
for targeting intrinsically disordered proteins (IDPs). Many amyloidogenic proteins belong to
IDPs [14–16]. IDPs are heterogeneous proteins that exist in a dynamic conformational equilibrium
under physiological conditions and present a time-dependent ensemble of short-lived structures that
are likely difficult to isolate or stabilize. This conformational behavior, as well as homooligomerization
and fibrillization, characterize amyloid β-protein (Aβ) [17,18], a metastable, amyloidogenic IDP that is
controversially linked to pathogenesis of Alzheimer disease (AD). Some antibodies generated against
a certain assembly of Aβ reportedly cross-react with other assemblies of this peptide. Similarly,
polyclonal antibodies generated against oligomeric or fibrillar Aβ may cross-react with structurally
similar assemblies of other IDPs unrelated to Aβ [19,20]. Therefore, specificities of some Aβ antibodies
have been unconvincing and disputed [21,22], and studies using such disputed antibodies should
be revisited and interpreted carefully. Akin to reports using controversial antibodies or studies
using insufficiently characterized antibodies against Aβ, collective evidence on aptamers selected
for reacting with Aβ highlights undesirable or unexpected interactions despite implementing strict
selection experiments. Such studies should also be reconsidered and reviewed carefully.

This review discusses controversies and methodological limitations of using and characterizing
aptamers selected for recognizing, mainly, Aβ, while alluding to some other relevant studies of
Aβ-unrelated IDPs. To set the scene and before summarizing aptamer studies relevant to Aβ

(in Section 4), I briefly introduce this peptide in Section 2 and write about aptamers and the systematic
evolution of ligands by exponential enrichment (SELEX) in Section 3. In Section 5, I highlight
the shortcomings of sodium dodecyl sulfate–polyacrylamide gel electrophoresis (SDS–PAGE) in
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characterizing Aβ assemblies and in assessing aptamer/antibody specificities for such assemblies.
Finally, I sum up with contextual conclusions.

2. Amyloid β-Protein and Alzheimer Disease

Aβ is produced mainly as Aβ40 or Aβ42 (respectively comprising 40 or 42 amino acid residues)
from the amyloid β-protein precursor (APP), when APP is sequentially cleaved by β-secretase
and γ-secretase [23,24]. Aβ is produced in its monomeric form as a normal, physiologically
relevant peptide [25–34], but it has been studied profusely in pathogenic, protein-misfolding contexts
underlying AD. Aβ’s normal functions and its cytotoxic effects may be regulated by its local
concentration; for example, picomolar amounts of synthetic Aβ42 reportedly enhance long-term
potentiation and hippocampus-dependent memory in mice, whereas nanomolar levels of the same
peptide yield the opposite effects [31]. Long-term potentiation is an electrophysiological paradigm
for learning and memory composition, but its role in this capacity has been debated [35]. The above
concentration-dependent effects are not unique to Aβ function in the brain. As an aside, S100B,
a calcium-binding protein abundant in the brain and implicated in AD pathogenesis [36,37], exerts
neurotrophic or neurotoxic effects at nanomolar or micromolar concentrations, respectively [38].

Aβ’s pathogenic premises in AD have been based on the classical amyloid cascade hypothesis [39]
and its contemporary, revised version [40–42]. The classical amyloid cascade hypothesis posited
that overproduction and deposition of Aβ fibrils in amyloid plaques, the pathological hallmarks
of AD, cause AD and that formation of neurofibrillary tangles (the other AD hallmark), cell loss,
vascular damage, and dementia are direct results of Aβ deposition [39]. The contemporary/revised
version of the amyloid cascade hypothesis—the oligomer cascade hypothesis [43]—gives primacy
to the neurotoxic and synaptotoxic effects of soluble, prefibrillar oligomeric Aβ assemblies in AD
pathogenesis [42]. Therefore, many trials have attempted to target Aβ for therapeutic or diagnostic
purposes [44,45]. However, the two cascade hypotheses have been consistently debated and
challenged [46–49]. Furthermore, since the original observations that Aβ is a major component
of plaques in AD-afflicted brains [50–54], and that the plaques contain fibrillar, β-sheet-rich Aβ [55,56],
and since introduction of the revised hypothesis [40,41], diverse but elusive structural assemblies of Aβ

have been described and studied profusely in vitro [43,57–60], adding to the complexity of Aβ-oligomer
literature. These assemblies have been studied or described structurally, functionally, or both, but their
interrelationships, and more importantly, their relevance to AD pathogenesis and progression are still
enigmatic [57,60] particularly because their undisputed identification or characterization in vivo has
been challenging [47].

Importantly, the AD plaque core contains not only Aβ—as thought [61–63]—but also other
potential products of APP processing [22,64], other proteinaceous and nonproteinaceous components,
including glycosaminoglycan, collagen, lipids, metal ions, reactive oxygen species, inflammatory
proteins, and nucleic acids [65–77]. These observations suggest that diverse detrimental mechanisms,
other than or additional to misfolding or deposition of Aβ, may underlie AD pathogenesis or
progression. These mechanisms include disruption of cellular metabolism [78,79], deregulation of
synapse structure and function [80], membrane damage [81], ionic imbalance [82], oxidative stress [83],
inflammatory stress [84–86], and apoptotic [78] or other cytotoxic effects. Aβ by itself is unlikely to be
underlying AD pathogenesis or progression. This is corroborated by the failure or discontinuation of
some high-profile clinical trials designed based on the amyloid cascade hypothesis [47], repudiating
the notion that Aβ is central to AD pathogenesis. It is likely that targeting of Aβ by some means may
disrupt its physiological roles and may not be effective therapeutically in humans [47]. Although this
may be an unresolved controversy, the physiological roles of Aβ should be considered when designing
Aβ-targeting therapeutics.
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3. Aptamers and Systematic Evolution of Ligands by Exponential Enrichment

Aptamers for a target are selected from a pool of random nucleotides by a combinatorial,
in vitro molecular-evolution technique termed—SELEX [9,10,12]. Two groups first used SELEX to
select highly avid and specific RNA aptamers for particular targets, including organic dyes [10]
and bacteriophage T4 DNA polymerase [12,87]. Since then, aptamers have been selected for a
variety of targets, including metal ions [88], organic molecules [89], amino acids [90–92], viral nucleic
acid components [93–96], peptides [97], proteins [5,6,98], drugs [99–101], macromolecules [102–105],
cells [106,107], and pathogens [108–113].

SELEX is an iterative process that enables selecting and amplifying a specific property (e.g.,
avid binding for aptamers, or enzymatic activity for ribozymes or DNAzymes) from a large pool
of oligonucleotide sequences, similar to a miniature Darwinian evolution [6,114]. A typical SELEX
experiment includes repeated rounds of (1) incubating a library of random oligonucleotide sequences
(~1013–1015 unique sequence in a naïve, unselected pool) with a target molecule; (2) separating
target-bound sequences from unbound sequences; (3) dissociating the oligonucleotide–target
complexes; and (4) amplifying, identifying, and sequencing the resultant, selected oligonucleotide
pool, which contains potentially specific and avid aptamers for the target [114]. Repeated rounds of
SELEX are driven by affinity to the target and by competition amongst random sequences. Preselection
(negative SELEX) and counter-SELEX (subtractive SELEX) can be interspersed between certain rounds
of SELEX respectively to remove sequences that nonspecifically bind to the partitioning matrix or
those that bind to molecules closely similar to the actual target [114]. The final oligonucleotide pool
becomes enriched with a relatively small number of sequences that, in case of aptamers, bind the
target avidly and hopefully specifically. (In case of ribozymes and DNAzymes, sequences with desired
catalytic activities are enriched [115,116].) The resultant aptamers can be amplified by polymerase
chain reaction (PCR), products of which can then be cloned and sequenced to identify the best binding
sequences. Finally, binding affinities, specificities, and cross-reactivity of aptamers are determined [117],
and post-SELEX modifications are applied to improve affinity, specificity, stability, pharmacokinetics,
or bioavailability of aptamers [114,118].

Since its inception [10,12,87], many variations of SELEX have been developed and used, achieving
targeted and specific outcomes [119,120], and SELEX has been optimized and extended to isolation of
RNA, single-stranded DNA, or modified versions thereof.

The discriminatory power and specificity of aptamers in some cases are surprisingly high.
Aptamers reportedly can discriminate targets based on subtle chemical differences e.g., presence
or absence of a methyl/hydroxyl group or chirality (R vs. S enantiomer). For example, a
theophylline-specific aptamer distinguishes it from caffeine—which differs from theophylline by only
one methyl group—at least ten-fold more efficiently than an antibody generated for this purpose [121].
Similarly, an enantioselective, modified DNA aptamer could distinguish (R)-thalidomide from
(S)-thalidomide [122]. Such high levels of aptamer specificity result from the selective pressure
achieved by counter-SELEX (subtractive SELEX) [121].

Selecting highly specific aptamers is not always achievable, however. For example, in some cases
of cell-SELEX, which uses whole cells for selection, the resultant aptamers recognize both membrane
proteins and membrane lipids [123]. As discussed in more detail later, selecting for targeting IDPs
may also result in aptamers that cross-react with different structures of a targeted protein. Although
determining aptamer specificity is a crucial step in characterizing aptamers, aptamer characterization
has rarely been fully considered, especially for aptamers selected for cell-membrane targets [123] and
for IDPs such as prion proteins (PrP) [124] or Aβ [125–127]. In the following two sections, I discuss
why characterizing aptamer specificity is important in research into Aβ and, by extension, other IDPs.

4. Aptamers and Aβ

Aptamer studies using IDPs and amyloidogenic proteins so far show a general tendency for
aptamers (and unselected, naïve oligonucleotide libraries) to preferentially bind to β-sheet-rich
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fibrillar amyloid assemblies despite selection against prefibrillar/nonfibrillar assemblies. For example,
several groups have reported aptamers that bind PrP sequences [124,128–134]. An RNA aptamer
selected for the recombinant bovine PrP reportedly recognized bovine PrP-β [134]—a soluble,
oligomeric, β-sheet-rich conformational variant of full-length PrP that forms amyloid fibrils [135].
Bunka et al. generated aptamers for monomeric and several forms of fibrillar β2-microglobulin [136].
These aptamers were found to bind also fibrils of other amyloidogenic proteins, including
apomyoglobin, Aβ40, transthyretin, or lysozyme, in addition to those of β2-microglobulin [136]. In the
latter study, the naïve library also apparently reacted with long, straight fibrils of β2-microglobulin
with half the strength of the selected aptamers [136]. Aptamers for α-synuclein have been reported and
shown to bind strongly to α-synuclein oligomers but weakly to its fibrils [137,138]. Similar outcomes
have been obtained in the context of Aβ as discussed in detail below.

The first study that described RNA aptamers for Aβ used a chemically synthesized monomeric
Aβ40 preparation with an additional engineered N-terminal cysteine as SELEX target. This preparation
was immobilized on a thiopropyl-activated Sepharose 6B matrix by disulfide bonding [125].
Importantly, because Aβ tends to aggregate rapidly, the authors coupled the Aβ40 preparation to
Sepharose using 60% 1,1,1,3,3,3-hexafluoro-2-propanol (HFIP) in 10 mM Tris-HCl, pH 7.7, to keep Aβ40
disaggregated and soluble. (HFIP is used to dissociate self-assembling amyloid proteins [139,140].)
The authors used a random 70-nucleotide RNA library (~1015 sequences) plus the flanking 5′ and
3′ primer sites. The library was first precleared (negative SELEX) using unloaded Sepharose and
then incubated with Sepharose-bound Aβ40 at 4 μM on the resin. After washing the unbound
RNA pool, the bound RNA was eluted with Aβ40 by dithiothreitol reduction of the disulfide bond.
RNA was extracted, reverse transcribed to DNA, and amplified by PCR. After eight rounds of
selection, ~140 binding sequences were eluted. The aptamers were then characterized by affinity
chromatography to measure their dissociation constants, which ranged from 29 to 48 nM. Surprisingly,
the selected aptamers did not bind soluble Aβ40 as tested by counter-elution using soluble Aβ40 and
by mobility-shift assays. The aptamers showed unexpected binding to fibrillar assemblies of Aβ40
as observed by streptavidin–biotin conjugation, gold labeling, and electron microscopy. The authors
concluded that Aβ40 may have aggregated on the matrix despite their using HFIP during Aβ40
conjugation to Sepharose [125], and thus selected aptamers bound fibrils nonspecifically.

As another example of aptamers selected for Aβ preparations, aptamers reported by Takahashi et al.
so far are the only ones displaying binding affinity to an oligomeric “model” of Aβ40 [126]. The library
pool in their study was incubated with Aβ40 conjugated to colloidal gold nanoparticles (10 nm
diameter) acting as an “Aβ oligomer model,” which was described previously [20]. Two aptamers, N2
and E2, could bind this Aβ40 preparation when incubated at 4 ◦C and recognized Aβ40 in solution
by fluorescence anisotropy. Kd values calculated from fluorescence anisotropy studies ranged from
11 to 22 μM. However, upon aptamer binding saturation with ~50 μM Aβ40, fluorescence anisotropy
showed a change of 0.006–0.008 units which may well fall within the noise of such experiments
(as discussed elsewhere [141]) despite the authors’ argument that this change may have resulted from
the small mass of Aβ40. Thus, the reported Kd values remain questionable.

Conjugating Aβ40 to gold nanoparticles was first used to imitate spherical oligomers as antigen
for generating the oligomer-specific antibody A11 [20]. A11 was found to react specifically with certain
oligomeric preparations of Aβ40 and Aβ42 but not soluble, low-molecular-weight Aβ or fibrillar
Aβ preparations [20]. Low-molecular-weight Aβ preparations comprise soluble, monomeric Aβ in
dynamic equilibrium with low-order Aβ homooligomers [142]. Although arranging Aβ40 monomers
on the surface of gold nanoparticles likely mimics high-order Aβ assemblies, and N2 and E2 aptamers
likely preferably bound these structures, the ultimate proof of specificity is to exclude cross-reactivity
of N2 or E2 aptamers with Aβ fibrils or fibrillar assemblies of other amyloidogenic proteins because
of reported cross-reactivity of some “oligomer-specific” antibodies and “oligomer-specific” aptamers
with fibrillar amyloid structures [21]. N2 and E2 were not tested for their cross-reactivity with fibrillar
assemblies of Aβ or of other amyloidogenic proteins. They were not tested against other oligomeric
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preparations of Aβ or oligomeric preparations of other IDPs either. Similar to the case of N2 and
E2, the aptamer M5-15, selected for the amyloidogenic protein, α-synuclein, reportedly reacted with
monomeric and oligomeric forms of the target protein, but its cross-reactivity with α-synuclein fibrils
was not tested [138].

Although N2 and E2 aptamers were not tested for their cross-reactivity with fibrillar assemblies
of Aβ40 or Aβ42, they reportedly inhibited Aβ fibrillization as observed by ELISA using the 6E10
antibody [126]. (6E10 is a monoclonal antibody raised against residues 1–17 of human Aβ [143–145]).
However, the reported ELISA results are surprising because of the following two caveats. First, at the
initial time point, 6E10 ELISA did not detect the Aβ preparation either in the absence or in presence of
the two aptamers, contradicting the fact that 6E10 reportedly reacts with random-coil (or statistical-coil)
Aβ monomers [19,146]. Thus, at the initial time points, the sample without aptamers should have
presented an ELISA signal at least as intense as that with the fibrillar preparation without added
aptamers. Secondly, the authors did not exclude the possibility that the aptamers could compete
with 6E10 binding to Aβ under the ELISA conditions. Thus, ELISA results may merely indicate low
binding of the 6E10 antibody to the protein–aptamer mixture because of potential competition between
aptamer and 6E10 for binding to fibrillar Aβ. Nevertheless, Aβ fibrils were not detected by electron
microscopy in the presence of the aptamers; authors reported oligomers, protofibrils, and amorphous
aggregates as potential products of fibril disintegration in the presence of aptamers [126]. Whether
the abovementioned nonfibrillar Aβ assemblies were cytotoxic or not was not tested. Thus, the full
reactivity/specificity spectrum and functions of these aptamers are yet to be confirmed.

Three years later, the N2 aptamer was reported as a conjugate to poly(lactic-co-glycolic acid)–
coated curcumin (PLGA–curcumin) nanoparticles [147]. Aptamer–PLGA–curcumin nanoparticles
were not cytotoxic, taken up by cells, and found to bind Aβ42 fibrils and disintegrate them [147].
Whether the fibril-disintegration products under such experimental conditions were cytotoxic or
not was not tested, but the authors concluded that the fibril-degrading effect of curcumin was
unaffected by conjugation of the aptamer to the PLGA–curcumin nanoparticles. The authors
postulated that the resultant smaller amyloid fragments could easily be cleared by phagocytosis [147].
Interestingly, a recently published review [148] cites the above study, “... the N2 aptamer conjugated to
curcumin-polymer nanoparticles enhanced binding to, and disaggregated, amyloid plaques, which
were then cleared by phagocytosis”, misleading the reader by misreporting that actual “amyloid
plaques” were used and “phagocytosis assays” were done in the original study [147]. Taking
both studies [126,147] together, it is unclear whether the N2 aptamer or curcumin or both could
bind Aβ42 fibrils (not plaques as mentioned [148], which are the in vivo hallmarks of AD) and
degrade them because both activities were seemingly attributed to curcumin and N2. Importantly,
curcumin along with resveratrol and epigallocatechin-3-gallate (reviewed [149]) have been dubbed as
pan-assay-interfering compounds [150,151], and conclusions made about these three polyphenols in
the AD literature in relation to their effects on Aβ should be reassessed carefully [152].

We asked why aptamers selected for monomeric or prefibrillar assemblies of amyloidogenic
proteins recognized their polymeric, fibrillar forms. Could specific aptamers for monomeric and/or
oligomeric forms of an amyloidogenic protein ever be obtained? What are the implications of fibril
reactivity of RNA or DNA aptamers? To answer these questions, we performed SELEX to obtain
aptamers that could potentially recognize the covalently stabilized trimeric Aβ40 [153], which were
produced by using photo-induced crosslinking of unmodified proteins (PICUP) [154,155], extracted
from gels subjected to SDS–PAGE, and purified by removing SDS [156]. We also used a mixture of
low-molecular-weight oligomeric Aβ40, which was generated by PICUP but not exposed to SDS at all,
in later experiments. (The significance of SDS effects on Aβ preparations is discussed below).

I summarize the main findings of that study: (1) aptamers selected for purified, covalently
stabilized trimeric Aβ40 failed to react with purified Aβ40 trimers or with the low-molecular-weight
mixture of prefibrillar Aβ40 assemblies, but they reacted with Aβ40 or Aβ42 fibrils, as confirmed
by dot blotting. (2) Aptamers selected for recognizing trimeric Aβ40 reacted not only with Aβ
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fibrils, but also with fibrils of other amyloidogenic proteins, including calcitonin, islet amyloid
polypeptide (IAPP), insulin, lysozyme, and prion106–126. (3) Our aptamers reacted with fibrils of
the tested amyloidogenic proteins similarly to β aptamers selected for Aβ40 previously [125] and
reused/retested for imaging Aβ plaques [127]. (4) To exclude the possibility of SDS contamination in
our trimeric Aβ40 preparation, we used a PICUP-generated mixture of low-molecular-weight Aβ40
preparation, which was not subjected to SDS–PAGE. As discussed below, SDS is known to accelerate
Aβ self-assembly and β-sheet formation [157]. In these series of SELEX experiments, we included
two counter-SELEX cycles against Aβ40 fibrils after the fourth and fifth SELEX cycles. The RNA
pool obtained after the fifth SELEX cycle reacted with fibrils of Aβ and fibrils of the other tested
amyloidogenic proteins similarly to our aptamers [153] and β aptamers selected previously [125].
This finding indicated that counter-selection against Aβ40 fibrils could not effectively remove aptamer
reactivity with fibrils. (5) Because of this finding, we performed another SELEX cycle with several
counter-SELEX experiments using Aβ40 fibrils aiming to obtain an RNA pool devoid of fibril-binding
sequences. However, five consecutive rounds of counter-SELEX using excess Aβ40 fibrils failed to
reduce the binding of the RNA pool to Aβ40 fibrils. (6) Because of the persistent and apparently
non-specific binding of RNA aptamers to amyloid fibrils, and because counter-SELEX using Aβ40
fibrils failed to abrogate aptamer binding to amyloid fibrils, we assessed our naïve RNA library and a
G-biased RNA library for their reactivity with amyloid fibrils. We used the biased library with reduced
G ratio (A:C:G:T = 30%:30%:10%:30%) because our sequencing and motif analyses showed high G
content in selected aptamers. We found that both naïve RNA libraries reacted with fibrillar assemblies
of the same proteins akin to all the selected aptamers we tested [153]. (7) The selected aptamers—and
the naïve library—could track progression of β-sheet formation and fibrillization in Aβ40 and insulin
with ~16-fold higher sensitively than the thioflavin T fluorescence assay, which is commonly used
to assess fibril formation by many amyloidogenic proteins [158,159]. (8) HFIP-treated lysozyme and
IAPP contained sufficient β-sheet content as inferred from their recognition by the tested aptamers and
the naïve library. Our observation of non-specific reactivity with fibrils of selected and tested aptamers,
which is reminiscent of similar findings in previous studies [62,125,134,136], suggest that aptamers
(and naïve libraries of oligonucleotides) likely recognize potentially common aptatopes [62,153,160].

Studies that selected aptamers for recognizing Aβ assemblies are summarized in Table 1.

Table 1. Aptamers selected for interacting with different amyloid β-protein (Aβ) preparations.

Aptamer Type Target SELEX Method Aptamer Reactivity Reference

RNA, β aptamers,
e.g., β55

Synthetic Aβ40 with an
engineered N-terminal cysteine

Chromatographic separation
using Sepharose 6B matrix

carrying the target

No interaction with
monomeric, soluble Aβ40,

but reactive with Aβ40 fibrils
[125]

RNA aptamers E1,
E2, N1, G2 etc.

Aβ40 conjugated to gold
nanoparticles as a model of

Aβ oligomers

RNA pool was exposed to
target, separation was by
centrifugation, and three

different elution
strategies used

Aβ40 oligomer model and
apparently monomeric Aβ40 [126]

RNA aptamers,
KM and previously

reported
β aptamers

PICUP-generated and purified
trimeric Aβ40, and a

PICUP-generated mixture of
low-molecular-weight

Aβ40 oligomers

Filter-binding assay used
for separation

Aβ fibrils and fibrils of other
exemplary

amyloidogenic proteins
[153,160]

SELES, systematic evolution of ligands by exponential enrichment; Aβ, amyloid β-protein; PICUP, photo-induced
crosslinking of unmodified proteins.

Farrar et al. [127] used the β55 aptamer, which was published [125] and retested [153]
previously, for ex vivo imaging of frozen sections of human AD brain fixed in paraformaldehyde,
while including the corresponding reverse sequence of β55 as control. The authors performed
in vivo multiphoton microscopy using the APP–PS1 transgenic mouse model of AD [161] to
visualize plaques [127]. Biotinylated β55 reportedly stained many more plaques than its reverse
sequence, and β55 staining localized with thioflavin-S signal, confirming staining of amyloid plaques
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ex vivo [127], and by inference confirming binding to Aβ fibrils as shown by previous studies [125,160].
Fluorescein-conjugated β55 stained amyloid plaques and amyloid angiopathic lesions in brains of
APP–PS1 mice visualized by multiphoton microscopy [127]. In localization staining experiments,
β55 and methoxy-X04 stained the dense core of the plaques, whereas β55 additionally stained a
diffuse halo surrounding the plaque cores [127]. (Methoxy-X04 is a derivative of Congo Red and it
has been used previously for optical imaging of AD mouse models [162]. Congo Red is used to stain
and detect amyloid depositions in tissues. Upon binding to amyloid structures, Congo Red yields a
unique blue–green birefringence under a cross-polarized light microscope [159].) Farrar et al. [127]
concluded that β55 may have bound smaller aggregates, including oligomers, of Aβ peripheral
to the dense plaques based on their observation that β55 apparently bound low-molecular-weight
oligomers of Aβ40 and Aβ42 on SDS–PAGE gels, and similar observation reported by Koffie et al. [163],
showing a “halo of oligomers” surrounding the plaques detected by a so-called “conformation-specific”
NAB61 antibody [164]. However, Farrar et al. [127] did not test nor compared the sensitivity of
methoxy-X04 with that of β55 for binding small, early, β-sheet-containing fibrillar aggregates of Aβ.
Possibly, methoxy-X04 could not sensitively detect the small β-sheet-containing fibrillar Aβ similarly
to thioflavin T, which failed to detect early, sparse Aβ40 and insulin fibrils, but RNA aptamers detected
early fibrillar assemblies of Aβ40 and insulin containing β-sheet structure [153]. Implications of β55
aptamer binding to SDS-fractionated Aβ species and Farrar’s conclusions about β55’s ability to detect
oligomeric Aβ species around Aβ plaques are discussed in more detail in the following section.

5. SDS–PAGE, Aptamers, Antibodies, and “Halos of Oligomers”

Along with silver staining, Coomassie staining, western blotting, or mass spectrometry, SDS–PAGE
has been used to identify proteins and examine protein oligomerization, size distribution, or
protein–protein interactions. However, SDS (288.38 g·mol−1) does not affect all proteins identically [165]
because different proteins, different conformations of a protein [166], or fragments of certain
proteins [167] may not bind SDS at stoichiometric amounts (though SDS generally binds different
proteins at an approximately constant mass–mass ratio—1.4 g SDS per gram of polypeptide [159]).
Furthermore, in certain cases, SDS induces or stabilizes—rather than disrupting—secondary or
quaternary structures [166,168,169]. In some other cases, SDS may induce homo-oligomerization or
conversely dissociate protein complexes [169–172]. For example, both human and rat α-synuclein show
aberrant electrophoretic mobility and SDS–PAGE-induced high-molecular-mass components, which do
not exist in the samples when analyzed by size-exclusion chromatography [173].

Aβ is an amphipathic protein that forms “SDS-stable oligomers” [174,175]. In fact, SDS-induced
aggregation of Aβ has facilitated extraction of Aβ from brain homogenates [176]. Aβ42-derived
“globulomers” are in vitro model oligomeric species produced by incubating Aβ42 with 0.2%
SDS [177,178]. Aβ aggregates rapidly after being treated with SDS and forms high-molecular-mass
assemblies [157]. During electrophoresis of Aβ40, its SDS-induced aggregates dissociate and
only a monomeric component is observed by staining, whereas electrophoresis of Aβ42 yields
apparently trimeric and tetrameric components as observed previously [179,180]. In addition,
essentially identical monomer–trimer–tetramer components appear when different Aβ42 preparations,
including monomeric, oligomeric, or fibrillar Aβ42, are subjected to SDS–PAGE [181], demonstrating
that SDS treatment, and electrophoresis in the presence of SDS—rather than the initial assembly
state—determines Aβ42’s apparent PAGE mobility. After treatment in a urea-containing SDS–PAGE
system, Aβ and its truncated versions defy the mass–mobility relationships, because Aβ–SDS
interaction likely does not relate to the number of constituent amino acids but to the sum of
hydrophobicity indices [167]. An exemplary study of Aβ40 dimers stabilized by an intermolecular
disulfide bridge showed the same SDS–PAGE profile before and after formation of β-sheet-rich Aβ

protofibrils [182]. Watt et al. compared SDS–PAGE, the xMAP® multiplex immunoassay (Luminex,
Madison, WI, USA) and surface-enhanced laser desorption/ionization time-of-flight mass spectrometry
when examining Aβ extracted from human cortical tissues [183]. Their mass-spectrometry experiments
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could not detect oligomers, while monomeric and dimeric Aβ components appeared through
SDS–PAGE; surprisingly, the apparent monomeric and dimeric Aβ levels increased with increasing SDS
concentrations in the sample buffer [183]. Thus, electrophoretic separation and detection of monomeric
or oligomeric assemblies in an Aβ preparation do not necessarily prove that such components exist in
the sample before SDS–PAGE.

The shortcomings of SDS–PAGE have been highlighted in many studies of Aβ [21,60,157,159,
179,181,183] and α-synuclein [173] and is gradually being appreciated in the AD field. Meanwhile,
interpretations of findings about elusive Aβ oligomers has come under scrutiny and disputed to such
an extent that the foundations of the oligomer cascade hypothesis have been shaken. Accordingly,
a relatively recent study has critically evaluated the use of SDS–PAGE, claiming that the concept
of Aβ oligomers has disserved decades of research into AD [184]. This study used ion mobility
coupled with electrospray-ionization mass spectrometry (ESI–IM–MS), challenging the biophysical
paradigms dominating the Aβ field based on SDS–PAGE and PICUP analyses of prefibrillar assemblies
of Aβ. When coupled with MS, ion-mobility spectrometry, which distinguishes ions according
to both their mass-to-charge ratio and their three-dimensional structures, is a useful analytical
technique for examining covalent or non-covalent protein structures in complex mixtures. Ion-mobility
spectrometry–mass spectrometer (IMS–MS) can resolve molecules of identical mass-to-charge
ratios with differing collision cross-sections (e.g., different assembly states or conformations)
and/or differing charge states [159]. Pujol-Pina et al. used PICUP-stabilized Aβ oligomers and
showed that the Aβ42 pentamer–hexamer components observed by SDS–PAGE following PICUP
are methodological artifacts [184]. The authors removed the SDS–PAGE step from analyzing
PICUP-generated, cross-linked Aβ40 and Aβ42 preparations and, instead, used size-exclusion
chromatography and ESI–IM–MS. Since initial PICUP–SDS–PAGE observations, Aβ40 and Aβ42 were
thought to oligomerize and aggregate through distinct pathways [154,179]; that is, Aβ42 was thought
to aggregate through formation of “paranuclei”—the pentamer–hexamer subunits—and distinctly
from Aβ40, which was thought to aggregate through dimer–trimer–tetramer subunits. By excluding
SDS–PAGE, ESI–IM–MS showed no differences in the oligomer-size distribution between cross-linked
or uncross-linked Aβ40 and Aβ42, suggesting that Aβ40 and Aβ42 predominantly and similarly
initiate oligomerization and aggregation through dimer–trimer subunits [184]. The implications of
the ESI–IM–MS findings controverts the conclusions that C-terminal length of Aβ was the most
important structural determinant in early oligomerization, and the side-chains of Ile41 and Ala42 in
Aβ42 were important both for effective formation of paranuclei and for their self-association [179,185].
It was discussed previously that differences in toxicity between Aβ40 and Aβ42 [186] correlate with
PICUP–SDS–PAGE observations that paranuclei are produced by Aβ42 only, confirming the correlation
of the latter to AD pathogenesis.

As another example, the elaborate study by Koffie et al., which used ultrathin array tomography
and immunofluorescence, claimed that senile plaques in brains of AD model mice are surrounded by
“haloes of oligomeric Aβ” [163]. This conclusion was mainly based on immunoreactivity of NAB61,
which apparently reacted with oligomeric Aβ assemblies fractionated by SDS–PAGE [164]. The original
paper, which described this antibody as a “Conformation-selective Monoclonal Antibody,” ironically
reported that NAB61 also recognized synthetic Aβ fibrils by electron microscopy, as presented in
its small Figure 4B panel [164]. Considering these caveats, one may rightly question the major
conclusions drawn by Koffie et al. [163], and the same interpretative analogies repeated and drawn
by Farrar et al. [127]. The former used NAB61 and the latter β55 and claimed that the antibody and
aptamer were specific for SDS–PAGE-fractionated oligomeric Aβ and, in this capacity, detected Aβ

oligomers around plaques, ignoring the shortcomings of SDS–PAGE (firstly) and the fact that β55 and
NAB61 both cross-react with fibrillar Aβ assemblies besides SDS-fractionated Aβ species (secondly).
Similar cross-reactivity was apparent in antibodies that were produced and characterized after iterative
immunization of beagles [187] with an aggregated Aβ preparation [188]. Thus, the conclusions by
Farrar et al. [127] about staining small oligomers haloing the dense plaques as observed by β55 must
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be reexamined in light of the collective literature regarding (1) SDS–PAGE analysis of Aβ; (2) NAB61
reactivity with Aβ assemblies; (3) plaque immunohistochemistry; (4) and sensitivity of the aptamer
binding compared to methoxy-X04 (or thioflavin T/S) binding to Aβ fibrils—and plaques.

To sum up, despite its wide use and resolution, SDS–PAGE and western blotting are not reliable
methods for determining oligomer sizes or assembly states of certain IDPs, e.g., α-synuclein and
Aβ oligomers. As such, SDS–PAGE is not suitable for assessing the specificity or selectivity of
aptamers (or antibodies) for Aβ preparations. Considering SDS–PAGE’s shortcomings is important for
characterizing the reactivity and specificity of aptamers or antibodies generated against Aβ species
(see [127,163,164]) because SDS-induced oligomers in an Aβ preparation are not necessarily structurally
the same as those potentially present in the absence of SDS [184].

6. Conclusions

The conclusions from this review are manifold.

• The handful of reports published since 2002 on aptamers developed for targeting Aβ have led to
important and instructive findings. RNA and DNA aptamers and random nucleotide libraries
used for selecting aptamers are found to react inherently and nonspecifically with fibrillar Aβ

preparations and exemplary amyloid assemblies [21,153,160]. Most likely, the aptamer-targeted
common aptatope in these cases is the backbone of the proteins in a cross-β structure because this
protein structure reportedly facilitates retention of RNAs and RNA-binding proteins into special
ribonucleoprotein complexes, including stress granules and RNA-processing organelles [189].
The inherent and persistent tendency of RNA aptamers to bind amyloid fibrils (or vice versa)
may explain entrapment of RNA in the senile plaques and neurofibrillary tangles [73–75],
the two pathological hallmarks of AD brains. Moreover, amyloid fibrils and oligonucleotides
act as polyelectrolytes and interact by electrostatic forces [190]. These β-sheet-mediated,
polyelectrolytic, protein–oligonucleotide interactions were thought to be vital for support, stability,
compartmentalization, protection, and resistance to degradation in the harsh environments of
the antediluvian, prebiotic world [191], indicating an ancient phenomenon. Interaction of RNA
aptamers with amyloid fibrils have implications for the previous and future studies of aptamers
selected for amyloidogenic proteins and conclusions drawn from such studies.

• Attributing oligomer specificity to an aptamer based on results obtained by SDS–PAGE
fractionation of Aβ preparations disregards the collected evidence on the unsuitability of
SDS–PAGE for analyzing and size estimation of amyloidogenic protein assemblies.

• Attributing oligomer specificity to an aptamer (or an antibody) that evidently binds fibrillar
structures of amyloidogenic proteins (see [127,163]) is erroneous and misleading; thus, binding
specificities of such aptamers in tissue sections do not represent their true specificities and
enhances the illusion about presence of Aβ oligomers in tissue sections.

• Implications of SDS–PAGE are extendable to studies whereby prefibrillar amyloid assemblies
were extracted and studied in vitro [192–199] or PICUP-stabilized oligomers were studied to
establish the biophysical paradigms of Aβ oligomerization [179,184,185].

• Finally, I hope this review could encourage the aptamer–amyloid–Alzheimer researchers,
the relevant funding bodies, these fields’ peer-reviewers, and the fields’ young scholars to
scrutinize and study the relevant literature deeply before enthusing [148,200–202] about aptamers
in the context of Aβ research. Let us not generate an aptamer field akin to the muddled assortment
of antibodies promoted in AD research [21,22].
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Abbreviations

Aβ amyloid β-protein
AD Alzheimer disease
APP amyloid β-protein precursor
ELISA enzyme-linked immunosorbent assay
ESI–IM–MS ion mobility coupled with electrospray-ionization mass spectrometry
HFIP 1,1,1,3,3,3-hexafluoro-2-propanol
IAPP islet amyloid polypeptide
IDPs intrinsically disordered proteins
IM–MS ion-mobility spectrometry–mass spectrometery
PCR polymerase chain reaction
PICUP photo-induced crosslinking of unmodified proteins
PLGA poly(lactic-co-glycolic acid)
PrP prion proteins
SDS–PAGE sodium dodecyl sulfate–polyacrylamide gel electrophoresis
SELEX systematic evolution of ligands by exponential enrichment
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Abstract: A whole-bacterium-based SELEX (Systematic Evolution of Ligands by Exponential
Enrichment) procedure was adopted in this study for the selection of an ssDNA aptamer that binds
to Bifidobacterium bifidum. After 12 rounds of selection targeted against B. bifidum, 30 sequences were
obtained and divided into seven families according to primary sequence homology and similarity
of secondary structure. Four FAM (fluorescein amidite) labeled aptamer sequences from different
families were selected for further characterization by flow cytometric analysis. The results reveal that
the aptamer sequence CCFM641-5 demonstrated high-affinity and specificity for B. bifidum compared
with the other sequences tested, and the estimated Kd value was 10.69 ± 0.89 nM. Additionally,
sequence truncation experiments of the aptamer CCFM641-5 led to the conclusion that the 5′-primer
and 3′-primer binding sites were essential for aptamer-target binding. In addition, the possible
component of the target B. bifidum, bound by the aptamer CCFM641-5, was identified as a membrane
protein by treatment with proteinase. Furthermore, to prove the potential application of the aptamer
CCFM641-5, a colorimetric bioassay of the sandwich-type structure was used to detect B. bifidum.
The assay had a linear range of 104 to 107 cfu/mL (R2 = 0.9834). Therefore, the colorimetric bioassay
appears to be a promising method for the detection of B. bifidum based on the aptamer CCFM641-5.

Keywords: Bifidobacterium bifidum; aptamer; SELEX; sequence truncation; colorimetric bioassay

1. Introduction

Aptamers are highly structured single-stranded oligonucleotides obtained from an in vitro
evolution process called Systematic Evolution of Ligands by Exponential Enrichment (SELEX)
according to their binding abilities to target molecules [1,2]. Compared with traditional antibodies,
aptamers have many advantages such as low molecular weight, ease of synthesis and modifications,
and comparable stability during long-term storage [3–5]. Whole-bacterium SELEX was specifically
developed to separate aptamers against live bacteria, and it is a particularly promising selection strategy
for the identification of bacteria. Bacterium-based aptamer selection methods have been implemented
to select ssDNA aptamers against many bacteria, including Campylobacter jejuni, Escherichia coli,
Lactobacillus acidophilus, Mycobacterium tuberculosis, Vibrio parahemolyticus, Streptococcus pyogenes, and
Staphylococcus aureus without previous knowledge of a specific target molecule [6–12].
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Many studies have found that Bifidobacterium bifidum has the potential to prevent inflammatory
bowel disease and necrotizing enterocolitis, reduce cholesterol activity, treat infantile eczema, modulate
the host innate immune response, show preventive potential for diarrheal disease in infants, and exert
a key role in the evolution and maturation of the immune system of the host [13–19]. B. bifidum has also
been granted QPS (quality and presumption of safety) status by the European Food Safety Authority.
Thus, B. bifidum is often used in probiotic products along with other lactic acid bacteria [20–22],
and identification of B. bifidum is vital for its industrial use. The conventional approaches for the
identification of B. bifidum are laborious and time-consuming. There is thus a need of developing
alternative methods for the identification of B. bifidum. Many molecular methods have been developed
for the identification of B. bifidum [23–26], but they increase the analysis cost in that they require
specialized instruments and highly trained personnel [24,27,28]. Therefore, aptamers may be an
alternative method for the detection of B. bifidum.

Enzyme linked aptamer assay (ELAA), a variant of the classical ELISA (enzyme linked
immunosorbent assay) uses aptamers instead of antibodies [29,30], and uses an enzyme as the signal
readout element and an aptamer as the recognition element. ELAA can realize high-throughput with
a 96-well microplate and is convenient because the signal readout requires only simple instruments
(or even no instruments, when read with the naked eye). Therefore, ELAA has been used in many
bioanalytical applications for target-specific detection of some substances such as M. tuberculosis,
ochratoxin A, cocaine and thrombin [31–34]. However, ELAA has not been reported in the detection of
B. bifidum.

In this study, we used an improved whole-bacterium SELEX strategy to select an ssDNA aptamer
specific for B. bifidum. In addition, truncation experiments were carried out to narrow down the
sequence region of the potential aptamers essentially for their binding abilities to the target B. bifidum.
In addition, B. bifidum was treated with proteinases to determine whether the targets of the aptamer
were the membrane proteins on the cell surface of B. bifidum. Furthermore, to confirm the potential
application of the candidate aptamer, we developed a colorimetric assay that was a high-throughput,
sensitive and specific method for the detection of B. bifidum.

2. Results and Discussion

2.1. SELEX Optimization

To separate aptamers that specifically recognize B. bifidum, we gradually increased the selective
pressure by increasing bovine serum albumin (BSA) and tRNA from a 10-fold molar excess of each
in the starting round of selection to a maximum 120-fold molar excess in the 12th round, and by
increasing the number of washes (from twice for the first six cycles to three times for the last six cycles).
In addition, the suspended cell solutions were transferred to fresh microcentrifuge tubes to remove
sequences that bound to the tube walls between each incubation and elution step. Counter-selection
against a mixture of unrelated Bifidobacterium species, including B. longum, B. animalis, B. breve, and
B. adolescentis, was employed in the 9th and 11th rounds. In addition, 2.5 μL DMSO (dimethyl sulfoxide)
was chosen for the total volume of 50 μL during the PCR amplification of SELEX.

2.2. Determination of Affinity and Specificity

Fluorescently labeled aptamer sequences were incubated with B. bifidum and tested via flow
cytometric analysis. After the 12th round of selection, 30 sequences were obtained after the aptamer
pools were cloned and sequenced. These sequences were then grouped into seven families according
to the homology of the DNA sequences and the similarity of the secondary structure (data shown in
Table S1 and Figure S1 in the Supplemental Materials). Four sequences were selected for further
screening on the basis of their repetitiveness, predicted secondary structure and free energy of
formation (Table 1).
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Table 1. Tested aptamer sequences a.

Name Sequence (5′ → 3′)
CCFM641-2 GCCTGGCCAGGTGCCCCGATATAGCGACGCCTTGCCCGGC
CCFM641-4 GCCCCGGACGGCGGGAAGCCTCGTACCCCCCGTGAGCGGC
CCFM641-5 TGCGTGAGCGGTAGCCCCGTACGACCCACTGTGGTTGGGC
CCFM641-12 GTCACACCGGCCGTCTCCGGTGTGGGACGCCCGCTGTGGC

a The primer sequences are AGCAGCACAGAGGTCAGATG at the 5′ end and CCTATGCGTGCTACCGTGAA at
the 3′ end.

The results displayed in Figure 1 demonstrated that CCFM641-5 showed a stronger binding
affinity for B. bifidum than the other three aptamers. To further evaluate the binding ability of
the aptamer CCFM641-5 to the target B. bifidum, we performed binding assays by varying the
concentrations of the aptamer (from 0 to 100 nM) and using a constant number of cells (108 cells) for
each assay. Saturation curves were fit from these data and the dissociation constant Kd values were
determined via nonlinear regression analysis. The dissociation constant Kd between CCFM641-5 and
B. bifidum was calculated to be 10.69 ± 0.89 nM. Therefore, aptamer CCFM641-5 was chosen for the
specificity detection. The predicted secondary structure and binding saturation curve of aptamer
CCFM641-5 for B. bifidum are shown in Figure 2.

Figure 1. Binding affinity of aptamers for B. bifidum. The 5′-FAM-labeled individual aptamers were
incubated with B. bifidum at 37 ◦C for 45 min (as described in the text). The values of aptamer binding
represent the mean ± SD of three independent experiments. Bars with different letters are significantly
different (p < 0.05).

Figure 2. The secondary structure and binding ability of aptamer CCFM641-5 against B. bifidum.
(A) The secondary structure of aptamer CCFM641-5. The secondary structure was predicted using
RNAstructure 3.0. (B) The binding saturation curve of aptamer CCFM641-5 with B. bifidum. A nonlinear
regression curve was fit according to the data from flow cytometric analysis using GraphPad Prism 5.0.
The values of aptamer binding and Kd represent the mean ± SD of three independent experiments.
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To determine the specificity of the candidate aptamer CCFM641-5 for the target B. bifidum, the
FAM (fluorescein amidite) labeled aptamer CCFM641-5 was also tested against a variety of other
bacterial species, including B. longum, B. animalis, B. breve, B. adolescentis and L. plantarum. As shown in
Figure 3, the aptamer CCFM641-5 displayed preferential binding ability to B. bifidum over the other
bacteria tested. In addition, the results from qPCR shown in Figure S2 demonstrated that CCFM641-5
displayed a stronger binding ability to B. bifidum than the other bacterial species. Taken together, this
preferential binding demonstrated the excellent specificity of the aptamer CCFM641-5 for B. bifidum.

Figure 3. Characterization of the specificity of aptamer CCFM641-5 for B. bifidum. Selected aptamer
sequence CCFM641-5 preferentially bound to B. bifidum over other species of bacteria. (A) Flow
cytometric analysis of aptamer CCFM641-5 binding for different species of bacteria which are shown
with differently colored curves; (B) Histogram of the percent gated fluorescence intensity above
background for aptamer CCFM641-5. The values of aptamer binding represent the mean ± SD of three
independent experiments. Bars with different letters are significantly different (p < 0.05).

2.3. Aptamer Truncations and Their Effects on the Binding Ability to B. bifidum

In general, not all nucleic acids of the aptamers are necessary for binding affinity between the
aptamers and the targets [35]. To determine the minimal sequence necessary for binding affinity
between B. bifidum and the aptamer CCFM641-5, the aptamer was truncated to narrow down the
sequence region responsible for target binding affinity. Either specific primer binding site at the ends
of aptamer CCFM641-5 (CCFM641-5F and CCFM641-5R) or both sites (CCFM641-5FR) were removed
(Table 2). As displayed in Figure 4, all the aptamer variants bound to B. bifidum with a lower binding
affinity compared to the full-length aptamer CCFM641-5. Taken together, the results indicate that the
3′-primer and 5′-primer binding sites of aptamer CCFM641-5 are important for its binding affinity for
B. bifidum, even if the aptamer affinity is still largely preserved for the 5′ truncation.

Table 2. Full-length aptamer CCFM641-5 and truncated aptamer variants a.

Name Sequence (5′ → 3′)

CCFM641-5 AGCAGCACAGAGGTCAGATGTGCGTGAGCGGTAGCCCCGTACGACCCACTGTGGTTGG
GCCCTATGCGTGCTACCGTGAA

CCFM641-5F TGCGTGAGCGGTAGCCCCGTACGACCCACTGTGGTTGGGC CCTATGCGTGCTACCGTGAA

CCFM641-5R AGCAGCACAGAGGTCAGATGTGCGTGAGCGGTAGCCCCGTACGACCCACTGTGGTTGGGC

CCFM641-5FR TGCGTGAGCGGTAGCCCCGTACGACCCACTGTGGTTGGGC
a The underlined sequences AGCAGCACAGAGGTCAGATG and CCTATGCGTGCTACCGTGAA are the primer
binding sites.
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Figure 4. Binding abilities of the truncated aptamer variants to B. bifidum compared to the full-length
aptamer CCFM641-5. The values of aptamer binding represent the mean ± SD of three independent
experiments. Bars with different letters are significantly different (p < 0.05).

2.4. Proteinase Treatment for Bacteria

To evaluate that the targets of the aptamer are membrane proteins on the B. bifidum cell surface,
we treated B. bifidum with proteinases including trypsin and proteinase K for a short time before
adding the aptamer CCFM641-5 to these treated bacteria. As revealed in Figure 5, after the bacteria
were treated with trypsin or proteinase K for 2 and 10 min, respectively, in phosphate-buffere saline
(PBS, pH 7.2) at 37 ◦C, aptamer CCFM641-5 lowered its binding ability to B. bifidum. It can be deduced
that the binding entities of aptamer CCFM641-5 had been broken by the proteinases, suggesting that
the target molecules are in fact membrane proteins.

Figure 5. Binding assays of aptamer CCFM641-5 to trypsin-treated or proteinase K-treated B. bifidum.
(A) Flow cytometric analysis of aptamer CCFM641-5 binding affinity for trypsin-treated B. bifidum;
(B) Flow cytometric analysis of aptamer CCFM641-5 binding ability to proteinase K-treated B. bifidum.

2.5. Colorimetric Detection of B. bifidum

In this study, the candidate aptamer CCFM641-5 was used not only to capture but also to detect
B. bifidum in the configuration of the colorimetric assay. In the assay, a sandwich-type structure of
aptamer/target/aptamer was established. To evaluate the specificity of this method, one blank sample
and five samples including B. bifidum, B. longum, B. animalis, B. breve and B. adolescentis were measured.
The assays of all samples were carried out under the same conditions, and the concentrations of all
bacteria were between 103 and 108 cfu/mL. As shown in Figure 6, the optical density (OD) values
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at 450 nm of the blank sample and the four bacteria other than B. bifidum did not change when the
concentrations of bacteria were increased, whereas the OD values at 450 nm of B. bifidum increased as
concentrations of the bacteria increased. Particularly, the results shown in Figure 7 displayed a good
linear relationship between the amounts of B. bifidum ranging from 104 to 107 cfu/mL and the OD
values at 450 nm, with a regression coefficient of 0.9834. The limit of detection of the proposed method
was estimated to be 104 cfu/mL at a signal to noise ratio of 3.

Figure 6. The absorbance at 450 nm measured for different species of bifidobacteria at concentrations
ranging from 103 to 108 cfu/mL. The absorbance at 450 nm represents the mean ± SD of three
independent experiments.

Figure 7. The calibration curve between the concentrations of B. bifidum and the intensity of the signals.
The OD values were determined by the microplate reader at 450 nm wavelength. The absorbance at
450 nm represents the mean ± SD of three independent experiments.

3. Materials and Methods

3.1. Reagents and Apparatus

B. bifidum ATCC 29521 was adopted as the target for whole-bacterium SELEX. Other Bifidobacterium
species used in the study included: B. longum ATCC 15697, B. breve ATCC 15700, B. animalis JCM 11658,
and B. adolescentis ATCC 15705, which were supplied by the American Type Culture Collection (ATCC)
or the Japan Collection of Microorganisms (JCM). All of the Bifidobacterium species were grown in
de Man–Rogosa–Sharpe (MRS) broth with 0.05% of L-cysteine hydrochloride monohydrate at 37 ◦C.
L. plantarum ST-III (CGMCC No. 0847) used in this study was cultured in MRS broth at 37 ◦C (Merck
KGaA, Darmstadt, Germany). All bacterial strains were cultured to the logarithmic phase under
anaerobic conditions.
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The starting ssDNA library and the PCR primers used for PCR amplifications were supplied
by Integrated DNA Technologies (IDT, Coralville, IA, USA); tRNA, DMSO and streptavidin-HRP
(horseradish peroxidase) were purchased from Sigma (St. Louis, MO, USA); BSA and all PCR chemicals
were ordered from Invitrogen China (Shanghai, China); trypsin and proteinase K were purchased
from TaKaRa (TaKaRa, Dalian, China); and DNA-BIND 96-well plates were obtained from Corning
(Corning, New York, NY, USA). Water was filtered with a Milli-Q water purification system (Millipore,
Bedford, MA, USA). All reagents were of analytical grade. Purification treatments were carried out
with an Eppendorf 5424R centrifuge. PCR amplification was carried out in a Bio-Rad T 100 Thermal
Cycler (Bio-Rad Laboratories, Hercules, CA, USA).

3.2. DNA Library and PCR Amplification

The 80-nt ssDNA library consisted of a central random region of 40 nucleotides, where
equimolar amounts of A, G, C and T are available at each position, flanked by two constant
primer binding sequences, and the ssDNA library was synthesized with the following sequence:
5′-AGCAGCACAGAGGTCAGATG-N40-CCTATGCGTGCTACCGTGAA-3′. The ssDNA library and
following aptamer pools were amplified with sense (5′-AGCAGCACAGAGGTCAGATG-3′) and
antisense primer (5′-TTCACGGTAGCACGCATAGG-3′).

The PCR amplification mixture was as follows: 1× PCR amplification buffer, 10 μM forward and
reverse primer, 25 mM dNTPs, 5 U/μL of Taq DNA polymerase, 2 μL of the template and 2.5 μL of
DMSO in a total volume of 50 μL. PCR amplification was initiated with pre-denaturation at 95 ◦C for
6 min, followed by 25 cycles with 30 s denaturation at 95 ◦C, 30 s hybridization at 69 ◦C, 20 s extension
at 72 ◦C, and finally elongation for 5 min at 72 ◦C.

PCR amplification products were detected by 8% nondenaturing polyacrylamide gel
electrophoresis (PAGE) in 1× TBE buffer (90 mM Tris/89 mM boric acid/2.0 mM EDTA, pH 8.0)
(Bio-Rad Protean III, Hercules, CA, USA) at 200 V for 25 min. The polyacrylamide gels were then
stained with ethidium bromide, destained with gel running buffer solution, and photographed under
UV light. A Qiagen MinElute PCR Purification Kit was used to purify all PCR amplification products
(Qiagen Inc., Valencia, CA, USA).

3.3. Aptamer Selection

The SELEX procedure for aptamer selection was implemented using the method described
previously with some modifications [8,36]. B. bifidum was grown in liquid culture media and collected
when it reached the logarithmic phase. The cell mixtures were centrifuged at 5000× g and 4 ◦C for
5 min and washed twice with 500 μL PBS at room temperature. The original ssDNA library/pool was
heat denatured at 95 ◦C for 10 min and rapidly chilled for 10 min in an ice bath before incubation.
B. bifidum cells totaling 108 cfu/mL were incubated with 2 nmol of the ssDNA library for the initial
round or 100 pmol of the aptamer pool for subsequent rounds (600 μL for the initial round, 350 μL for
subsequent rounds). An excess of tRNA and BSA were put into the incubation buffer. All incubations
were implemented in PBS at 37 ◦C for 45 min with slight agitation. The cells were centrifuged as
described above before washing three times in PBS with 0.05% BSA. The cells were then resuspended
with 100 μL of 1× PCR reaction buffer, heat denatured at 95 ◦C for 10 min, snap cooled for 10 min in
an ice bath, and extracted by centrifugation as described above, and the supernatant was used as the
template for PCR amplification to acquire the ssDNA pool for the following round of selection.

The ssDNA pool from the 12th round of selection was amplified and then cloned using the TOPO
TA Cloning Kit (Invitrogen, Shanghai, China). Individual colonies were picked randomly and their
inserts were sequenced. DNAMAN software was adopted to analyze the aptamer sequences and
RNAstructure 3.0 was used for predicting a secondary structure for each sequence [10,12,37].
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3.4. Flow-Cytometric Analysis

A FACSCalibur flow cytometer with a PowerMacG4 workstation and CellQuest Pro software (BD
Biosciences, San Jose, CA, USA) was employed to assess the binding ability of the individual aptamer
sequences to different species of bacteria (B. bifidum, B. breve , B. longum, B. animalis, B. adolescentis,
and L. plantarum) in separate experiments. The aptamers were labeled with FAM fluorophore at the
5′ end. In the binding assays, 108 cells were incubated with the fluorescently labeled aptamer pool
(100 nM) at 37 ◦C for 45 min with slight agitation. The cells were then washed in PBS, collected by
centrifugation, and resuspended in PBS for prompt flow cytometric assays. Forward scatter, side
scatter, and fluorescence intensity were measured, and the gated fluorescence intensity above the
background (cells with no aptamers) was quantified. BD CellQuest Pro software was adopted to
analyze data from the FACSCalibur and to create histogram overlays. Binding dissociation constant Kd
values were obtained from the binding curves created with GraphPad Prism 5.0 software by varying
the aptamer concentration (0 to 100 nM) with a fixed number of cells (108 cells).

3.5. Aptamer CCFM641-5 Binding Assays by Quantitative PCR (qPCR)

To further determine binding affinities of aptamer CCFM641-5 for different bacterial species,
qPCR was performed as previously described with some modifications [7]. In the binding assays,
107 bacterial cells were incubated with the aptamer (50 nM) at 37 ◦C for 45 min with slight agitation.
The cells were then washed in PBS, collected by centrifugation, and resuspended with 50 μL of 1× PCR
reaction buffer. The ssDNA aptamers recovered in the supernatant were used as the template for
quantification by SYBR Green-based qPCR using a CFX96 real-time PCR detection system (Bio-Rad
Laboratories, Hercules, CA, USA). All qPCR amplifications were carried out in 20 μL volume using
96-well plates in triplicate.

3.6. Aptamer Truncation

Truncation experiments were performed to determine whether all nucleotides of the aptamer
sequence CCFM641-5 are necessary [38,39]. The specific primer binding sites of the aptamers were
first removed. If DNA aptamer variants possessed high binding affinity for B. bifidum, the aptamer
variants were then truncated from the 5′ end or 3′ end. In the experiment, the truncated aptamer
variants were FAM-labeled at the 5′ end and tested for their binding abilities to B. bifidum with flow
cytometric assays as described above.

3.7. Proteinase Treatment for Bacteria

The procedure used in this study was based on a previously published method [9,40] with some
modifications, listed as follows. B. bifidum (108 cells) was collected by centrifugation, washed twice
with PBS and incubated with 1 mL of 0.25% trypsin or 0.1 mg/mL proteinase K in PBS at 37 ◦C for 2 and
10 min. After incubation, the mixture was washed with PBS, and the treated bacteria were incubated
with FAM-labeled aptamer for further binding assays as described above in flow-cytometric analysis.

3.8. Colorimetric Bioassay on the Basis of the Selected Aptamer

A colorimetric sandwich-type assay for the detection of B. bifidum was developed by ELAA. First,
the amino-modified candidate aptamer was dissolved in binding buffer (0.01 mol/L PBS) and 100 μL
of diluted aptamer (40 pmol/well) was added into each well of the DNA-BIND 96-well plate for
incubation at 37 ◦C for 1 h. The wells were washed three times with washing buffer (0.01 mol/L
PBS with 0.05% Tween-20) to remove unbound aptamer. The microplate wells were then blocked
with blocking buffer (0.01 mol/L PBS with 3% BSA) for 1 h at 37 ◦C to prevent the appearance of
nonspecific adsorption.

Then, a series of different concentrations of B. bifidum cells were added into each well for
incubation at 37 ◦C for 45 min and the biotinylated aptamer and streptavidin-HRP were mixed
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at 37 ◦C for 30 min at the same time. After the microtiter plates were washed three times with
the washing buffer, and 100 μL samples of the above biotinylated aptamer and streptavidin-HRP
complexes were added to each well for reaction for 45 min at 37 ◦C. After washing, 200 μL TMB–H2O2

(tetramethyl benzidine-hydrogen peroxide) working solutions were added into each well for reaction
without direct light exposure. After incubating for 15 min, the reaction was terminated with 50 μL 2 M
H2SO4, and the OD at 450 nm was measured with the microplate reader.

4. Conclusions

This study is the first report of the use of whole-bacterium SELEX to identify ssDNA aptamers
that are specific for B. bifidum. The results show that the aptamer CCFM641-5 bound tightly to
B. bifidum with a Kd value in the nanomolar range, and could bind B. bifidum specifically over other
bacterial species. According to the results of the present study, we demonstrate that the DNA aptamer
CCFM641-5 can be used to capture and detect B. bifidum. Thus, the work described in this study
testified the ability of this method to screen a good aptamer probe for the detection of B. bifidum and
has the potential to contribute greatly to the development of the detection of B. bifidum.

In addition, the results from the experiments with aptamer truncations indicated that the 3′-primer
and 5′-primer binding sites were important for an optimal binding affinity of the aptamer CCFM641-5
for B. bifidum. The experiments with proteinase treatment suggest that the component bound by the
aptamer CCFM641-5 is likely protein on the B. bifidum cell surface.

Furthermore, we developed a colorimetric assay to detect B. bifidum which did not rely on
expensive instrumentation, but on the basis of the aptamer CCFM641-5. The method is sensitive
and specific and could be adopted to detect B. bifidum cells at concentrations as low as 104 cfu/mL.
Therefore, the colorimetric bioassay based on the aptamer CCFM641-5 is a promising method for the
detection of B. bifidum.

Supplementary Materials: Supplementary materials can be found at www.mdpi.com/1422-0067/18/5/883/s1.
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Abstract: In combination with electrochemical impedance spectroscopy, aptamer-based biosensors
are a powerful tool for fast analytical devices. Herein, we present an impedimetric aptasensor for
the detection of the human pathogen Staphylococcus aureus. The used aptamer targets protein A,
a surface bound virulence factor of S. aureus. The thiol-modified protein A-binding aptamer was
co-immobilized with 6-mercapto-1-hexanol onto gold electrodes by self-assembly. Optimization of the
ratio of aptamer to 6-mercapto-1-hexanol resulted in an average density of 1.01 ± 0.44 × 1013 aptamer
molecules per cm2. As shown with quartz crystal microbalance experiments, the immobilized
aptamer retained its functionality to bind recombinant protein A. Our impedimetric biosensor is
based on the principle that binding of target molecules to the immobilized aptamer decreases the
electron transfer between electrode and ferri-/ferrocyanide in solution, which is measured as an
increase of impedance. Microscale thermophoresis measurements showed that addition of the redox
probe ferri-/ferrocyanide has no influence on the binding of aptamer and its target. We demonstrated
that upon incubation with various concentrations of S. aureus, the charge-transfer resistance increased
proportionally. The developed biosensor showed a limit of detection of 10 CFU·mL−1 and results
were available within 10 minutes. The biosensor is highly selective, distinguishing non-target bacteria
such as Escherichia coli and Staphylococcus epidermidis. This work highlights the immense potential of
impedimetric aptasensors for future biosensing applications.

Keywords: aptamer; staphylococcal protein A; label-free; biosensing techniques; rapid detection;
self-assembly; limit of detection; protein binding; ferri-/ferrocyanide; gold electrode

1. Introduction

Staphylococcus aureus is a major pathogen for humans. It is a common cause of infections, from
minor ones such as abscesses and sinusitis to life-threatening diseases such as bacteremia, endocarditis
and sepsis [1]. Its antibiotic-resistant strains, e.g., methicillin-resistant S. aureus (MRSA) are a serious
problem in healthcare [2]. Besides being the origin of hospital-acquired infections, S. aureus produces
seven different toxins that cause food poisoning [3–5]. It is generally accepted, that 105 cells per g of
food produce sufficient enterotoxins to cause food poisoning [6].

Since the relevance of this pathogen was discovered, many approaches in the development
of rapid detection methods for infection control were investigated, as reviewed by Law et al. [7]
and Zhao et al. [8]. According to these reviews, traditional methods, such as plate counts using
selective agar, convince with their simplicity, low costs and high accuracy but take 4 to 6 days to
yield results. Nevertheless, they are still regarded as the gold standard. One promising alternative
method is polymerase chain reaction (PCR). The commercially available Xpert MRSA assay (Cepheid
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International, Sunnyvale, CA, USA) for example requires 2 h from DNA extraction to assay result [9].
However, complex sample preparation by trained staff is needed.

According to Zhao et al., the most rapid detection methods are based on biosensor technology.
Biosensors are devices, which use biological components as recognition elements to provide specific
affinity to the desired target. The recognition element is coupled to a transducer, which transforms the
biological into an electrical signal [10]. To be commercially successful, a biosensor has to meet several
requirements, e.g., low cost, fast response and high sensitivity. Therefore, despite its complexity, many
researchers recognize the high potential of electrochemical impedance spectroscopy (EIS).

EIS is a fast label-free technique to measure the properties of electrode surfaces and bulk electrolytes.
Owed to the progress in engineering and electronics during the last decades, high performance miniaturized
impedance instruments are available for a relatively low budget [11]. EIS was used successfully for
biosensors with various recognition elements [12,13]. For example, Bekir et al., developed an electrochemical
immunosensor using antibodies against S. aureus [14]. They report a detection limit of 10 CFU·mL−1 of
S. aureus, exploiting the impedance change of the electrode surface caused by the affinity reaction of the
immobilized antibodies.

To overcome the limitations of antibodies, such as high manufacturing costs, instability to high
temperatures and short shelf life, aptasensors employ aptamers as recognition element [15]. Aptamers
are synthetic, single-stranded nucleic acid molecules that can fold into complex three-dimensional
structures allowing them to bind targets based on structure recognition with high affinity and specificity.
They are selected using the SELEX procedure (systematic evolution of ligands by exponential
enrichment), an iterative in vitro selection and amplification method [16].

Electrochemical aptasensors were reviewed by Willner et al. [17]: besides the well-known
thrombin aptamer [18], other impedimetric aptasensors emerged ranging from the detection
of potassium ions [19] and small molecules, such as ethanolamine [20], to whole cells, e.g.,
Salmonella typhimurium [21]. Shahdordizadeh et al., provided a review of recent advances in optical
and electrochemical aptasensors for the detection of S. aureus [22]. They report on aptamers selected
against staphylococcal toxins, staphylococcal teichoic acid, staphylococcal protein A and S. aureus as
whole bacteria. The indirect detection of S. aureus via aptamers targeting the toxins excreted by the
pathogen are limited due to the difficulty in correlation of the sensor signal to the presence of viable
microorganisms. Therefore, direct detection is favored. In the field of optical aptasensors, fluorescence
is most prominent, but also one colorimetric aptasensor was developed [23]. Using dielectrophoretic
enrichment and fluorescent nanoparticles, Shangguan and coworkers developed an optical aptasensor
with a limit of detection (LoD) of 93 CFU·mL−1 and an assay time of 2 h [24]. By the use of
upconversion nanoparticles, the fluorescence intensity was increased and Duan et al., gained a LoD
of 8 CFU·mL−1 [25]. Chang et al., developed an optical aptasensor for the single cell detection of
S. aureus within 1.5 h [26]. The detection principle is based on resonance light scattering of modified
gold nanoparticles. Optical sensors have the disadvantage that complex biological samples often
interfere with the detection process. Furthermore, electrochemical methods are appreciated for their
fast response time, higher sensitivity, low-cost fabrication, simple automation and lower sample
volumes. In their review, Shahdordizadeh et al., described five electrochemical aptasensors for the
detection of S. aureus [22]: Two are based on potentiometry with LoDs of 800 CFU·mL−1 [27] and
single cell detection [28]. Another used voltammetry to reach a LoD of 1 CFU·mL−1 [29] and Lian et al.,
combined interdigital electrodes (IDE) with quartz crystal sensor to detect the bacteria as low as
12 CFU·mL−1 [30]. Jia et al., used a glassy carbon electrode with aptamer modified gold nanoparticles
to impedimetric detect a lower limit of 10 CFU·mL−1 within 60 min [31].

All mentioned optical and electrochemical aptasensors used different aptamers, but have in
common, that the aptamers were selected in a Cell-SELEX, wherein whole cells were used as target
for aptamer generation. Although purposive, this has the disadvantage that it stays unknown, which
part of the cell surface is targeted by the aptamer. Thus, it is also unknown, which S. aureus strains
can be bound by these aptamers. S. aureus is known for its ability to adapt its genetics quickly to new
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environments. Nevertheless, the conserved sequence of the immune-evasive factor protein A shows
only one mutation in 70 months [32]. The surface bound protein A enhances S. aureus’ adhesion to
wounds by binding to the von Willebrand factor (vWF) and prevents phagocytosis by binding to the
Fc region of various immunoglobulins [33]. Protein A is bound to peptidoglycans on the cell wall of
S. aureus and not found on other bacteria. Therefore, protein A is an excellent target for the detection of
S. aureus cells. Also in PCR methods, the spA gene, encoding protein A, is used to distinguish between
S. aureus and other bacteria.

A DNA aptamer targeting staphylococcal protein A was selected by the FluMag-SELEX procedure
in 2015 [34,35]. This aptamer development aimed to detect intact bacterial cells of S. aureus via
the protein A bound to its cell surface. Binding characteristics of the aptamer to protein A were
studied intensively by different methods such as bead-based fluorescent binding assay, surface
plasmon resonance (SPR), microscale thermophoresis (MST), and enzyme-linked oligonucleotide
assay (ELONA) [35,36].

The structural features of an aptamer play a major role in biosensor development. In case of the
protein A-binding aptamer, a combination of two structural elements is important for its functionality:
First, an intact and free 5′-end, folding into an imperfect stem-loop motif, is crucial for binding to
protein A. Second, the aptamer folds into a parallel G-quadruplex structure as demonstrated by circular
dichroism spectroscopy [36].

In the present study, we developed a biosensor detecting Staphylococcus aureus by its surface
bound protein A, which is highly conserved and only found on S. aureus. The protein A-binding
aptamer served as biological recognition element. In combination with electrochemical impedance
spectroscopy as measurement method, rapid and label-free detection was achieved. By immobilization
of thiol-modified aptamer on gold electrodes by self-assembly, binding of S. aureus was detected in a
flow-through chamber with a three-electrode setup in buffer solution containing ferri-/ferrocyanide.
Upon binding of S. aureus, the impedance increased due to the hindrance of the electron transfer
between ferri-/ferrocyanide and the electrode surface (Figure 1). Herein, we elucidate the development
of an impedimetric aptasensor and present novel insights on the use of aptamer-based electrochemical
biosensors for the rapid and selective detection of S. aureus.

Figure 1. Flow-through measurement chamber and measurement principle. (a) Flow-through
measurement chamber with liquid inlet and outlet (arrows) and a 3-electrode setup including a golden
working electrode (Au), a platinum counter electrode (Pt) and a reference electrode (Ref); (b) Working
electrode modified with aptamer (violet) and 6-mercapto-1-hexanol (MCH) in a buffer containing the
redox probe ferri-/ferrocyanide (red stars); (c) Upon binding of protein A (green) on the surface of
S. aureus (yellow) to the immobilized aptamer (violet), the impedance increased due to the hindrance of
electron transfer (curved arrow) between ferri-/ferrocyanide (red stars) in solution and gold electrode
surface (orange); (d) Characteristic Nyquist-plot of impedance spectra before and after incubation
with S. aureus (based on data from measurements); Z’: real part of impedance and Z”: imaginary part
of impedance.
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2. Results and Discussion

2.1. Functionalization of the Gold Electrodes

Affinity of the protein A-binding aptamer (PAA) to its target has been intensively studied
by Stoltenburg et al., using SPR-based measurements with the Biacore X100 [35]. They applied
both, the protein A and PAA, respectively as biotinylated receptor, which was immobilized on
a streptavidin-coated sensor surface. In the development of the impedimetric sensor, we modified
the aptamer with C6-Spacer and thiol for immobilization via self-assembly. To enable high densities
of the protein A-binding aptamer (PAA) on the surface, we used the co-immobilization strategy,
described by Keighley et al. [37]. They found that in the presence of 6-mercapto-1-hexanol (MCH),
oligonucleotides stand upright on the surface rather than lying down, thus, occupy less space and
allow a higher density. For optimization studies of our sensor surface, we investigated the influence
of different ratios of aptamer to total thiol (PAA + MCH) using chronocoulometry as described by
Steel et al. [38]. They stated, that the reduction of hexaammineruthenium (III) chloride (RuHex), measured
by chronocoulometry, is proportional to the number of oligonucleotides on the surface. Figure 2 shows the
results of chronocoulometry measurements on co-immobilized PAA modified gold electrodes in 40 mM
Tris buffer containing 200 μM RuHex. The highest density of PAA (2.41 ± 0.39 × 1012 PAA/cm2) was
reached with a ratio of 1:5 (1 μM PAA and 4 μM MCH), thus, this ratio was used for further experiments.

Figure 2. Aptamer density on the electrode surface depending on the protein A-binding aptamer (PAA)/
6-mercapto-1-hexanol (MCH) molar ratio upon immobilization based on four experiments for each ratio;
the grey lines show the average density and standard deviation determined for a MCH monolayer.

To ensure successful immobilization and aptamer functionality, we performed analysis using
a quartz crystal microbalance as described in Section 3.3. In Figure 3a is shown the mass increase upon
PAA immobilization, calculated accordingly from the measured frequency change. The formation
of a self-assembled monolayer comprises two steps. The first is the initial attachment, which takes
a few seconds, seen in the significant mass increase immediately after introduction of aptamer-solution
in Figure 3a. The second step is the arrangement to an ordered monolayer, which takes more than
8 h [39]. Hence, to ensure an ordered monolayer, the electrode was incubated for at least 15 h. As seen
in Figure 3a, upon PAA immobilization the mass increased by 500 ng/cm2. Backfilling of gaps with
MCH increased the mass slightly (~20 ng/cm2). In comparison, an electrode covered with a pure MCH
monolayer showed a mass increase of only 89 ng/cm2. The difference between both provided the mass
change due to immobilized PAA. Although immobilized aptamers hamper the formation of an entire
layer of MCH, the error is negligible, because the aptamer mass is 142 times higher than the mass of
a MCH-molecule. The average mass increase of immobilized PAA was 320 ± 139 ng/cm2 (standard
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deviation obtained from three experiments). This correlates to 1.01 ± 0.44 × 1013 aptamers/cm2.
The aptamer density determined with chronocoulometry (2.41 ± 0.39 × 1012 PAA/cm2) is 4 times
smaller than measured with QCM. This is due to the difference in the measurement techniques and
surfaces. In the QCM measurements, not only the mass of the immobilized molecules, but also
the adsorbed water and ions as well as the rigidity of the immobilized layer influence the resonance
frequency [40]. Also, the different surfaces—a quartz crystal covered with gold and chrome as adhesion
layer versus a glass test slide covered with gold and titanium as adhesion layer—contribute to the
differences in surface coverage. Although their roughness, <1 nm RMS (= rough mean square) and
376 ± 74 pm RMS respectively, do not diverge significantly. However, both methods confirm successful
immobilization and that a high density of aptamers was achieved.

Figure 3. Quartz crystal microbalance measurements: (a) mass change Δm versus time of gold
covered quartz crystals incubated with aptamer/6-mercapto-1-hexanol (MCH) (violet solid line) or
MCH (orange dashed line) and subsequently blocked with 1 mM MCH; (b) Δm versus time of an
aptamer-modified crystal incubated with different concentrations of protein A.

In general, high densities are desired to obtain a higher protein capture capacity resulting in
higher sensitivity, but too high densities may lead to steric hindrance preventing correct aptamer
folding and binding of target [41]. Assuming an even distribution, the obtained density results in an
area of 9.9 × 10−14 cm2 per aptamer. Assuming an aptamer occupies a squared area, the mean distance
between two aptamers is 3.15 nm. Due to dimerization and the formation of quadruplexes [36], the true
mean distance of the aptamers is likely >3.15 nm. According to Erickson et al., the partial specific
volume of a protein can be calculated from its molecular mass [42]. For the recombinant protein A with
a molecular mass of 45 kDa, this volume is 54.54 nm3. Assuming protein A has the simplest shape,
a sphere, its minimal diameter is 4.71 nm. Therefore, we assumed that the space around an aptamer
(>6.3 nm) was sufficient for the binding of protein A.

To prove the functional binding of protein A to the immobilized PAA, we observed the mass
change of modified electrodes upon incubation with protein A (Figure 3b). Concentrations of protein
A in the range of 100 to 500 nM resulted in signals of 20 to 40 ng/cm2, which correlates to 2.68 × 1011

and 5.35 × 1011 molecules/cm2 respectively. Thus, we showed that the immobilized aptamer retained
its functionality in binding protein A.

Figure 4 represents the impedance measurements during aptamer immobilization. It shows the
Nyquist plots of a blank electrode and an aptamer-modified electrode. The impedance increased
significantly after PAA immobilization.

2.2. Influence of Ferri-/Ferrocyanide

In faradaic impedimetric measurements, a redox probe for the transfer of electrons from the
working electrode to the counter electrode is necessary. The ferri-/ferrocyanide couple is often used
due to its fast electron transfer rate (2 × 10−2 cm/s) [43]. For biosensor development, it is important to
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examine, if the redox couple inhibits the affinity of the receptor to its target. To examine the influence
of ferri-/ferrocyanide on binding of protein A to PAA, microscale thermophoresis (MST) experiments
were performed. MST is a powerful technique to detect biomolecular interaction by quantifying
directed movement of molecules along an induced microscopic temperature gradient. It is highly
sensitive to changes in hydration shell, charge and size and therefore capable to detect many kinds
of biomolecular interactions while both reaction partners remain in solution and no immobilization
is required.

Figure 4. Nyquist plot of the impedance spectra of a blank gold electrode (black crosses) and
a PAA/MCH-modified gold electrode (green circles); PAA = protein A-binding aptamer, MCH
= 6-mercapto-1-hexanol.

In summary, we successfully immobilized PAA via self-assembly with a high density, whereas it
retained its functionality of binding protein A.

Figure 5a shows characteristic curves of a MST experiment for a low and a high protein A
concentration. The MST fluorescence signal was lower for the high protein A concentration, indicating
that in solution, the aptamer-protein A-complex behaved differently than the free aptamer. Binding
curves (Figure 5b) in buffer with and without 2 mM ferri-/ferrocyanide were measured as described
in Section 3.4. Fitting to the Hill Equation (1) was performed to extract more information from the
binding curves:

f raction bound =
ΔS

ΔSmax
=

[T]h

KD + [T]h
(1)

where ΔS = signal change, ΔSmax = maximal signal change, h = Hill coefficient, KD = apparent binding
constant, [T] = target concentration (e.g., protein A).

Figure 5. (a) Microscale thermophoresis (MST) curves for a low (0.763 nM, dashed line) and a high (6250
nM, solid line) protein A concentration with 38.5 nM labeled PAA (MST power 40%, LED power 100%);
(b) Binding curves of recombinant protein A with aptamer in absence (red triangles) and presence
(blue circles) of 2 mM ferri-/ferrocyanide measured in triplicates—the lines represent the Hill fit.
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The determined KD values in absence and presence of ferri-/ferrocyanide were 22.4 ± 5.8 nM
and 16.4 ± 2.5 nM respectively. There is no statistically significant difference between the two curves
(paired t-test, p = 0.255). Thus, we conclude, that ferri-/ferrocyanide has no significant influence on
the binding of PAA and protein A.

The KD value obtained by MST measurements in this work, 22.4 nM, differs from the value
reported by Stoltenburg et al., 94.7 nM [35]. To investigate if this difference is due to the labeling-
procedure or -site, MST measurements were repeated by 2bind GmbH (Regensburg, Germany).
A similar analysis setup was applied using the maleimide-fluorophore on the 5′- and 3′-thiol-tagged
PAA. The obtained KD values were 115.6 nM and 110.8 nM, respectively. Hence, we concluded,
that the binding behavior was not affected by the labeling site of the aptamer, for both partners in
solution. However, the most distinct difference in the experiments was the concentration of Tween 20
(0.05% used by 2bind GmbH compared to 0.005% used in our first measurement), but the data of both
experiments revealed no adhesion to the used capillaries. Thus, the variations in the KD values in MST
measurements are attributed to differences in buffer composition, amplified by the handling of very
small volumes (10 μL).

2.3. Detection of Protein A by Impedance Spectroscopy

The gold electrodes modified with PAA were mounted in the flow-through chamber (see Figure 1)
and exposed to different concentrations of protein A (2–700 nM). Impedance spectra were recorded in
FeBB as described in Section 3.5. Every protein A concentration was measured in triplicates, i.e., on
three different electrodes. Figure 6a shows the impedance spectra of PAA modified electrodes before
and after exposure to 7–700 nM protein A. After incubation with protein A the impedance increased
proportionally to the concentration of protein A.

To extract the relevant parameters, the impedance spectra were fitted to the modified Randles
circuit (see Figure 6a), wherein Rsol is the solution resistance, CPE is the constant phase element for
the double layer at the electrode surface, Rct is the charge-transfer resistance (due to the interaction of
ferri-/ferrocyanide with the electrode), and W is the Warburg impedance representing the diffusion of
ions to the electrode surface. The fitting results are summarized in Table 1. As seen in Figure 6a and
Table 1, the fits (lines) show good agreement with the experimental data (markers).

In Figure 6b, the fit parameter changes over all measured protein A concentrations are plotted.
The charge transfer resistance Rct showed a maximum increase of 33%, whereas the other parameters
changed less than 4%, verifying that the charge transfer was influenced significantly by the binding of
protein A. Thus Rct was chosen as the significant parameter for further analysis.

The change of the extracted Rct versus the logarithmic protein A concentration is plotted in
Figure 6c. While only a slight increase of Rct up to 10 nM protein A was observed, an exponential
increase in Rct from 10 nM to 100 nM was measured. Finally, above 100 nM protein A Rct reached
saturation. The resulting sigmoidal curve was fitted to the Hill Equation (2):

ΔRct =
ΔRct_max × [T]h

KD + [T]h
(2)

where ΔRct = change of the charge transfer resistance, ΔRct_max = maximal change, h = Hill coefficient,
KD = apparent binding constant, [T] = target concentration (e.g., protein A).
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Figure 6. Electrochemical impedance spectroscopy measurements with protein A: (a) Nyquist plot
of a PAA-modified electrode before (green circles) and after incubation with 7–700 nM protein A
measured in FeBB—the fits to the equivalent circuit are shown as lines—modified Randles circuit
with Rsol: solution resistance, CPE: constant phase element, Rct: charge-transfer resistance and W:
Warburg impedance; (b) the percentage change of the different fit parameters for all protein A
concentrations, Ceff: the effective capacitance was calculated from the CPE under the assumption of a
parallel distribution of time constants on the electrode surface as described in [44], σ is the parameter
for the Warburg element; (c) binding curve: Change of the extracted charge transfer resistance ΔRct of
aptamer-modified electrodes upon incubation of protein A measured in triplicate—dashed blue lines
mark the 95% confidence interval; (d) unspecific signals: Extracted ΔRct of 1 μM protein G, protein
L and protein A on PAA-modified electrodes as well as 1 μM protein A on electrodes modified with
random oligonucleotides measured in triplicate—the dashed line represents the LoD.

Table 1. Results from the fitting of impedance data to the modified Randles circuit—SD = standard
deviation, X/

√
N = error of fitting normalized to the number of data points.

c(Protein A)
/nM

Rsol
/Ω·cm2 SD

CPE
/μF·s(α−1) SD α

Rct
/Ω·cm2 SD

σ

/Ω·s−1/2 SD X/
√

N

7 44.4 0.2 0.362 0.005 0.95 505.3 0.5 5769 2 0.0122
24 46.2 0.1 0.375 0.004 0.94 593.3 0.5 5847 2 0.0124
70 45.4 0.1 0.359 0.004 0.95 627.9 0.5 5861 2 0.0120

240 46.1 0.1 0.341 0.004 0.95 647.3 0.5 5834 2 0.0105
700 45.3 0.1 0.361 0.004 0.95 657.2 0.5 5811 2 0.0118

Thereby, an apparent KD value of 18.5 ± 1.8 nM and Hill coefficient h of 1.14 ± 0.15 were obtained.
The Hill coefficient h is slightly higher than 1, indicating a cooperative binding. Stoltenburg et al.,
already reported avidity effects [35]. They performed competitive experiments with protein A and
immunoglobulin, which suggested that the protein A binding site for PAA overlaps with the known
binding sites for immunoglobulin [45]. Hence, we can conclude that protein A provides more than
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one binding site for this aptamer. Reflective Interferometric Fourier Transform Spectroscopy (RIFTS)
measurements of protein A binding to PAA, immobilized on porous silicon, resulted in an even higher
h of 2.61 ± 0.69 [46]. Unlike the herein used planar gold electrodes, the rough and porous silicon surface
increases the chance for aptamers being close enough to bind to the same protein A. Both observations
substantiate the mentioned avidity affects.

Table 2 summarizes the apparent KD values obtained with the same aptamer by different detection
methods and setups. Affinities were found in the low nanomolar to micromolar range.

Table 2. Apparent dissociation constant, KD, determined with different analysis methods for the
protein A-binding aptamer—MST = microscale thermophoresis, SPR = surface plasmon resonance,
ELONA = enzyme-linked oligonucleotide assay, EIS = electrochemical impedance spectroscopy, RIFTS
= reflective interferometric Fourier transform spectroscopy.

Analysis
Aptamer

Aptamer
Protein A KD/nM Reference

Method Modification

MST free 5′-fluorescence free 94.7 ± 64.6 [35]
MST free 5′-fluorescence free 115.6 ± 26.9 this work
MST free 3′-fluorescence free 110.8 ± 42.3 this work
MST free 3′-fluorescence free 22.4 ± 5.8 this work
SPR free 5′-fluorescence immobilized 1920.0 ± 250.0 [35]
SPR immobilized 3′-biotin free 287.0 ± 16.2 [35]

ELONA free 5′-biotin immobilized 23.7 ± 2.0 [36]
ELONA free 3′-biotin immobilized 11.3 ± 1.4 [36]

EIS immobilized 3′-thiol free 18.5 ± 1.8 this work
RIFTS immobilized 3′-amino free 13980.0 ± 1540.0 [46]

Table 2 shows that each of these methods is capable of protein A detection utilizing PAA as
receptor in a bioanalytical setup. It suggests that in the same analysis setup by the use of different
designs, the measurement range can be adapted for the desired application. As shown in the example
in the SPR experiments, immobilization of the aptamer instead of protein A, decreased the KD almost
by 14%. We want to emphasize that the KD values are strongly dependent on the analysis method and
setup used. Therefore, the performance of a biosensor cannot be judged based on the KD value alone.
Every method has to be evaluated for its purpose considering advantages and limitations. i.e., the
strengths of EIS as detection method are fast, robust, label-free and non-destructive measurements.

Repeated measurements of PAA-modified electrodes in FeBB resulted in a standard deviation
s of 11.10 Ω·cm2 of the Rct value. As the limit of detection (LoD) is defined as the lowest target
concentration at which the signal is higher than 3·s, a LoD of 2.99 ± 0.73 nM was determined using the
approximated Hill equation.

Non-specific binding often presents a major challenge in biosensor development. Herein,
we investigated the binding of the functionally similar proteins G and L to the aptamer-modified
gold electrodes and observed that they neither bind to the surface nor to the aptamer (Figure 6d).
Furthermore, the binding of protein A to an electrode, modified with random oligonucleotides, was
determined to be 14.8 ± 0.1 Ω·cm2 (Figure 4d), which is significantly below LoD (3·s).

2.4. Detection of Staphylococcus aureus by Impedance Spectroscopy

Besides binding to the defined target protein A, the aptamer was also evaluated for its ability to
recognize and bind to intact bacterial cells of S. aureus, expressing protein A on the cell surface [36].
Therefore, we performed experiments with our developed impedimetric biosensor and live S. aureus cells.

The gold electrodes modified with PAA were exposed to different concentrations of S. aureus
(1 to 109 CFU·mL−1). Figure 7a shows impedance spectra of a PAA modified electrode before and
after exposure to S. aureus, recorded in FeBB. After incubation with S. aureus, the impedance increased
proportionally to the cell concentration of S. aureus. To extract the relevant parameters, the impedance
spectra were fitted to the modified Randles circuit (Figure 7a), which describes the phenomena
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occurring between the electrodes influencing the flow of current. As presented in Figure 7a and Table 3,
the fits (lines) show good agreement with the experimental data (markers).

Figure 7. Electrochemical impedance spectroscopy (EIS) with S. aureus (a) Nyquist plot of a PAA-modified
electrode before (cyan circles) and after incubation with 1 to 109 CFU·mL−1 measured in FeBB—the fits
to the equivalent circuit are shown as lines modified Randles circuit with Rsol: solution resistance, CPE:
constant phase element, Rct: charge-transfer resistance and W: Warburg impedance; (b) percentage change
of the different fit parameters for all S. aureus concentrations, Ceff: the effective capacitance was calculated
from the CPE under the assumption of a parallel distribution of time constants on the electrode surface as
described in [45], σ is the parameter for the Warburg element; (c) binding curve: Change of the extracted
charge transfer resistance ΔRct of aptamer-modified electrodes upon incubation of 1 to 109 CFU·mL−1

S. aureus measured in triplicate—dashed blue lines mark the 95% confidence interval, green cross marks
a sample of unknown concentration; (d) unspecific signals: 106 CFU·mL−1 of Staphylococcus epidermidis,
Escherichia coli and Staphylococcus aureus on PAA-modified electrodes as well as 106 CFU·mL−1 S. aureus
on electrodes modified with random oligonucleotides measured in triplicate—the dashed line represents
the LoD.

Table 3. Results from the fitting of impedance data to the modified Randles circuit—SD = standard
deviation, X/

√
N = error of fitting normalized to the number of data points.

c(S. aureus)
/CFU·mL−1

Rsol
/Ω·cm2 SD

CPE
/μF·s(α-1) SD α

Rct
/Ω·cm2 SD

σ

/Ω·s−1/2 SD X/
√

N

1E+01 14.8 0.1 1.230 0.02 0.99 459.8 0.3 310 3 0.0084
1E+02 14.8 0.1 1.232 0.02 0.99 467.8 0.3 311 3 0.0092
1E+03 14.9 0.1 1.229 0.02 0.99 474.7 0.3 312 3 0.0088
1E+04 15.0 0.1 1.224 0.02 0.99 485.7 0.3 315 3 0.0086
1E+05 15.0 0.1 1.232 0.02 0.99 492.2 0.3 312 3 0.0098
1E+08 14.9 0.1 1.231 0.02 0.99 497.9 0.3 312 3 0.0098
1E+10 14.9 0.1 1.226 0.02 0.99 491.8 0.3 317 3 0.0094

Figure 7b displays the fit parameter change for all measured bacteria concentrations. Only Rct

showed a significant increase of 12%, while the Warburg diffusion increased ~4% and Rsol as well as Ceff
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changed <2%. This suggests that the bound S. aureus influences the electron transfer between electrode
and the buffer containing ferri-/ferrocyanide. The Rct parameter was chosen for further analysis.

In Figure 7c, the change of the extracted Rct upon incubation with various S. aureus concentrations
is plotted. Measurements were taken in triplicates, i.e., three electrodes were exposed to each S. aureus
concentration. The standard deviation of these three measurements is shown as error bars. A diluted
sample with 10 S. aureus cells per mL resulted in an average Rct change of 35 Ohm. A sample with
105 cells per mL led to saturation of the sensor surface and the maximum change of 100 Ohm. The fit
to the Hill Equation (1) resulted in an apparent KD value of 111 ± 96 CFU·mL−1 and h of 0.31 ± 0.08.
A measurement with a sample of unknown concentration showed good accordance to the data (green
cross). With the approximated Hill equation a bacteria concentration of 5721 ± 2813 CFU·mL−1

was determined. Counting the sample under the microscope resulted in a value of 4150 CFU·mL−1.
The high standard deviation could be minimized by a higher amount of repetitions.

Whereas experiments with protein A resulted in a Hill coefficient slightly higher than 1, indicative
for cooperative binding, biosensing experiments with whole cells resulted in a h significantly lower
than 1, indicating negative cooperativity. This may be due to the size of S. aureus cells (~1 μm) and the
spacing of protein A molecules on their surface not allowing for several aptamers to bind the same
protein A. Another explanation may be the reduced flexibility of the cell surface bound protein A and
therefore decreased accessibility of further binding sites for aptamers in the vicinity.

Repeated impedance measurements of a single PAA-modified electrode in FeBB resulted in a
standard deviation of s(Rct) = 4.88 Ω·cm2. This corresponds to a calculated LoD of 10 CFU·mL−1.

A comparison between previously reported S. aureus detection assays and the herein demonstrated
biosensor is shown in Table 4. In summary, the achieved LoD is comparable to previous reports;
however, our biosensor excels in simplicity, automation, low cost and rapid results.

Table 4. Comparison of several detection methods for Staphylococcus aureus (SA = S. aureus aptamer,
LoD = limit of detection).

Detection Principle Recognition Element Assay Time LoD/CFU·mL−1 Reference

polymerase chain
reaction ssDNA 2 h 10 [47]

EIS immunosensor anti-S. aureus-antibody Not stated 10 [14]
resonance light

scattering SA 17 & SA 61 [26] 1.5 h 1 [26]

EIS SA 43 [48] 1 h 10 [31]
fluorescent

nanoparticles SA 31 [48] 2 h 93 [24]

EIS PA2#8[S1–58] [35] 10 min 10 this work

Lastly, we investigated the binding of protein A-deficient bacteria, such as Staphylococcus epidermidis
and Escherichia coli to aptamer-modified gold electrodes and observed no cross-reactivity (Figure 7d).
Similar results were found, if S. aureus was applied to electrodes modified with random oligonucleotides.
Additionally, the binding of S. aureus (106 CFU·mL−1) to a blank electrode and electrodes modified with a
6-mercapto-1-hexanol (MCH) monolayer, resulted in a negligible average Rct change of 10.2 ± 2.2 Ω·cm2 [49],
a value below LoD (3·s).

These results are in agreement with results of Stoltenburg et al., reporting that protein A-deficient
S. aureus strains and gram-negative bacteria, such as E. coli, were excluded from aptamer binding [36].

For the practical applicability of our sensor, we recommend that samples shall be extracted into
tryptic soy broth or similar media and then diluted 1:100 in BB. The BB contains ions which are
required for proper aptamer folding and thus binding to protein A. Simple sample preparation, such
as a centrifugation step, showed improved results [49]. The influence of complex sample matrices,
such as milk, on the performance of the developed sensor, still has to be examined.

For the food industry, detection of enterotoxins is more crucial than whole cell detection.
However, S. aureus produces more than 7 different toxins, which all can cause illness. While an
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existing international standard operation [ISO 19020:2017] describes the screening of staphylococcal
enterotoxins SEA, SEB, SECs, SED and SEE, others are excluded (SEG, SHE, SEI, SER, SES and SET).
Extraction of the enterotoxins encompasses complex sample preparation, which requires fully equipped
food testing laboratories. Furthermore, only enterotoxin assays with low detection limits, such as
0.05 ng/g food, fulfill the requirements [50].

Thus, the predominant approach, especially for small manufacturers, is the detection of S. aureus
contamination. This approach, based on the Bacteriological Analytical Manual [51], requires culturing
on selective agar plates for 2 days. Counting the colony forming units per g food in respect to the
processing time is a good indicator for toxin formation. Our sensor could significantly reduce the time
required for this approach.

In respect to clinical application, our sensor could improve tests by the rapid identification of
bacteria type prior to antibiotic susceptibility testing and thus reduce the costs for isolating patients.
Due to the microfluidic setup and the non-destructive impedance measurement, the combination with
additional assays and steps will be realizable without great expense.

3. Materials and Methods

3.1. Reagents

The protein A-binding aptamer PA#2/8 (76 nt) was originally selected by Stoltenburg et al., using
the FluMag-SELEX process [34]. A 3′-truncated variant of the full-length aptamer, PA#2/8[S1-58]
(58 nt), was applied in the current study: 5′-ATACCAGCTTATTCAATTAGCAACATGAGGGGGAT
AGAGGGGGTGGGTTCTCTCGGCT-3′ [35]. This variant is herein referred to as PAA. A pool of
randomized oligonucleotides (58 nt) was used as negative control (ON pool). Both were synthesized
by Microsynth AG (Balgach, Switzerland), modified with C6-spacer and a thiol at the 3′-end, and
purified with polyacrylamide gel electrophoresis.

Recombinant protein A (expressed in Escherichia coli, P7837) and 6-mercapto-1-hexanol
(MCH, 99%) were purchased from Sigma-Aldrich Chemie GmbH (Taufkirchen, Germany).
Staphylococcus aureus (DSM 20231), Staphylococcus epidermidis (DSM 3269) and Escherichia coli (DSM
498) were purchased from Leibniz Institut DSMZ GmbH (Braunschweig, Germany). Potassium-
hexacyanoferrate (II) and (III) (K3/4[Fe(CN)6]) were purchased from Merck Chemicals GmbH
(Darmstadt, Germany). Recombinant protein G and protein L (21193 and 21189) were purchased from
Pierce Biotechnology (Rockford, USA). Tris-(2-carboxyethyl)-phosphine-hydrochloride (TCEP) was
purchased from Carl Roth GmbH + Co. KG (Karlsruhe, Germany). All reagents were of analytical
grade and used without further purification. All working solutions were prepared in water purified
with a Milli-Q Type-1-system (EMD Millipore Corporation, Billerica, MA, USA; 18 MΩ·cm).

For the aptamer experiments, the binding buffer (BB) as for aptamer selection [35] was used.
It consisted of 100 mM NaCl, 20 mM Tris, 10 mM MgCl2, 5 mM KCl, 1 mM CaCl2 (adjusted with
HCl to a pH of 7.6) and was autoclaved, sterile filtered before further use. Protein A was directly
dissolved and diluted in BBT, BB containing 0.005% Tween 20, to reduce unspecific binding to surfaces.
S. aureus, S. epidermidis and E. coli cells were cultured in tryptic soy broth (TSB) and washed twice in
BB. A fraction was dyed with SYTO and counted in a cell chamber of 0.02 mm depth. Washed cell
suspensions were diluted to desired concentration in BB. For electrochemical measurements, 2 mM of
K3/4[Fe(CN)6] (equimolar) were added to BB (FeBB).

3.2. Preparation of Electrodes

The thiol-modified PAA was preconditioned with TCEP (200 μM/μM thiol) for 20 min to reduce
disulfides and heated to 95 ◦C in BB for 5 min to enable proper folding.

The gold electrodes and gold covered quartz crystals were exposed to ultraviolet light for 5 min
and subsequently incubated in hot alkaline piranha solution (5:1:1 water:NH3:H2O2; CAUTION: this
acidic mixture reacts violently with organic solvents and must be handled with care!) in an ultrasonic
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bath for 5 min. After rigorous rinsing with ultrapure water, the electrodes were dried in nitrogen and
immediately covered by 1 μM preconditioned PAA and 4 μM MCH in BB followed by incubation at
room temperature overnight. Next day, the surface was washed intensively with BB and exposed to
1 mM MCH for 30 min, followed by another wash with BB. The modified electrodes were stored in BB
until use.

3.3. QCM Measurements

A quartz crystal microbalance (QCM, Q-Sense Analyzer E4, Biolin Scientific Holding AB,
Stockholm, Sweden) was used for verification of aptamer immobilization and binding of protein
A to immobilized aptamers. For measurements, the gold covered quartz crystals (QSX301, resonance
frequency 4.95 MHz ± 50 kHz, Biolin Scientific) were cleaned as described above and mounted into
the flow module QFM401. First, a baseline in BB was established, and then the chamber was flushed
with a solution of 1 μM preconditioned PAA and 4 μM MCH in BB and incubated overnight while the
frequency change was continuously measured. The temperature was held at 21 ◦C. The next day, the
crystal was incubated with 1 mM MCH for 30 min and washed with BB. The modified crystals were
incubated for 4 min with different concentrations of protein A (50–500 nM). Unbound protein A was
washed away with BB. The relative frequency change—difference of frequency change measured in BB
before and after incubation with aptamer or protein A—was used to determine the mass change by the
Sauerbrey equation [52]. Thereby, most of the influences of viscosity and density of the fluids on the
measurements were compensated.

3.4. MST Measurements

To determine the influence of ferri-/ferrocyanide on aptamer-target-binding, microscale
thermophoresis (MST) measurements were performed with the Monolith NT.115 (NanoTemper
Technologies GmbH, Munich, Germany) and standard capillaries. The fluorescence dye NT-547
was bound to the thiol group of PAA using the labeling kit MO-L005 Monolith™ by NanoTemper.
A fluorophore-per-aptamer-ratio of 0.5 was determined by measuring the absorbance at 260 and 546
nm with a nanophotometer™ (Implen GmbH, Munich, Germany). The MST power was set to 40%
and the LED power was set to 100% (no bleaching was observed). 38.5 nM labeled aptamer (77 nM in
total, including the unlabeled aptamer) were incubated with 0.2 nM to 6.25 μM recombinant protein A.
The analyses were performed in BBT at 25 ◦C. Normalization of the fluorescence signal and fitting
to the Hill equation were performed using the software MO Affinity Analysis v2.1.3 (NanoTemper).
To investigate if the labeling procedure or labeling site influences the aptamer affinity, additional
MST measurements were conducted by commercial analysis service of 2bind GmbH (Regensburg,
Germany). The same labeling procedure as described above was applied to the 3′- and 5′-end, and
30 nM labeled PAA with 0.354 nM to 11.6 μM protein A in BB with 0.05% Tween 20 were used.

3.5. EIS Measurements

Electrochemical impedance spectroscopy (EIS) measurements were performed using the SP-300
potentiostat/galvanostat with impedance analyzer (Bio-Logic Science Instruments SAS, Claix, France).
A custom flow-through chamber (Figure 1) made of polyether-ether-ketone was designed and
manufactured. Flow-through was realized by a peristaltic pump (IPC-16, Ismatec, Cole-Parmer GmbH,
Wertheim, Germany) and a Teflon tube of 0.5 mm inner diameter. The fluid chamber with a volume of
100 μL was covered with glass. It consists of a three-electrode system with a working electrode cut
from gold coated test slides (TA134-(Ti/Au), EMF Corporation, Ithaca, NY, USA), a Pt-black wire as
counter electrode and a leak-free Ag/AgCl reference electrode (LF-1 Ø1 mm, Innovative Instruments
Inc., Tampa, FL, USA). The electrochemical active area (Atrue) of the working electrode was determined
by cyclic voltammetry in 0.5 M H2SO4 with 100 mV/s from 0.2 to 1.5 V. By integration of the reduction
peak at ~800 mV, the required charge for reduction of a gold oxide monolayer was obtained (215 μC).
Division by the theoretical value, 482 μC/cm2, calculated by [53], resulted in Atrue = 0.444 ± 0.039 cm2.
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The geometric surface area Ageo was 0.246 cm2 and thus, the roughness factor R = Atrue/Ageo was 1.8.
The flow-through chamber and the solutions were kept in a temperature cabinet at 21 ◦C while the
pump and impedance analyzer were positioned outside.

EIS measurements were performed with the aptamer-modified gold electrode mounted in the
flow-through measurement chamber (Figure 1). Different concentrations of protein A (2–700 nM),
6 mL of each, were pumped (50 μL/s) through the chamber and incubated for 5 min while
flow-through was paused. Then 6 mL FeBB was pumped (50 μL/s) through the system. Finally, the
impedance was measured from 1 Hz to 200 kHz with 7 logarithmic spaced frequencies per decade.
The sinusoidal alternating voltage with an amplitude of 10 mV was applied at the equilibrium potential
of ferri-/ferrocyanide (Eeq ~140 mV). The impedance measurement was repeated four times while the
average of the last three cycles was used for fitting and analysis. Fitting was performed with the simplex
algorithm implemented in EC-Lab®software (v11.00, Bio-Logic Science Instruments SAS, Claix, France).
The same procedure was applied to control samples, protein G and L, of which 1 μM were used and
bacteria cell suspensions.

4. Conclusions

This study provides the proof of principle for an impedimetric biosensor for the rapid detection
of S. aureus, based on the protein A-binding aptamer. Successful co-immobilization of protein
A-binding aptamers and 6-mercapto-1-hexanol on gold electrodes resulted in an average density
of 1.01 ± 0.44 × 1013 aptamers per cm2. The immobilization density can be influenced by the
ratio of aptamer to 6-mercapto-1-hexanol (MCH) as shown with chronocoulometry. We showed
with MST measurements that ferri-/ferrocyanide, necessary as redox couple for faradaic impedance
measurements, has no significant influence on the binding of the aptamer to its target. The biosensor
displayed sensitive binding to protein A with a KD of 18.5 ± 1.8 nM and a LoD of 3 nM. Our results
also showed the excellent selectivity of the developed sensor, with signals below LoD upon exposure
to high concentrations of the functionally similar proteins G and L.

When exposed to live S. aureus cells, our developed aptamer-based biosensor showed a KD of
111 ± 96 CFU·mL−1 and a LoD of 10 CFU·mL−1, which is in good agreement with other reported
assays or sensors. Our results also prove the high selectivity of the aptamer, distinguishing between
S. aureus and protein A- deficient bacteria, such as E. coli and S. epidermidis.

For application in a clinical setting, an additional step for the evaluation of the different detectable
S. aureus strains and their possible antibiotic resistance (e.g., by PCR) may have to be considered.
Furthermore, the influence of different ionic strength buffers and sample matrices on the biosensor
performance have to be investigated closely.

This work demonstrated that the protein A-binding aptamer can be used as recognition element
in impedimetric aptasensors for successful, rapid, sensitive and selective detection of S. aureus in
buffer. It contributes to the deeper understanding of impedimetric aptasensors and their development.
We provided a fundamental base for inexpensive and robust biosensing, utilizing aptamer receptors.
The advantages of using gold electrodes are their robustness, enabling regeneration and subsequent
reuse of the biosensor. The simplicity of our design enables easy reproduction and the developed
microfluidic system can be easily automated. Furthermore, combination with electrode patterning may
enable the parallel measurement of multiple analytes when functionalized with different aptamers,
in the future.
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Abbreviations

BB Binding buffer
BBT Binding buffer and 0.005% Tween 20
CFU Colony-forming unit
CPE Constant phase element
DNA Deoxyribonucleic acid
EIS Electrochemical impedance spectroscopy
ELONA Enzyme-linked oligonucleotide assay
FeBB Binding buffer and 2 mM equimolar ferri-/ferrocyanide
h Hill coefficient
KD Apparent binding constant
kDa kiloDalton
LoD Limit of detection
MCH Mercaptohexanol
MDPI Multidisciplinary Digital Publishing Institute
MRSA Methicillin-resistant Staphylococcus aureus
MST Microscale thermophoresis
ON pool Random oligonucleotide pool
PAA Protein A-binding Aptamer
PCR Polymerase chain reaction
QCM Quartz crystal microbalance
Rct/ΔRct Charge transfer resistance/change of charge transfer resistance
RIFTS Reflective interferometric fourier transform spectroscopy
RMS Rough mean square
Rsol Solution resistance
RuHex hexaammineruthenium(III) chloride
SELEX Systematic Evolution of Ligands by Exponential Enrichment
spA Gene encoding protein A
SPR Surface plasmon resonance spectroscopy
SD Standard deviation
TSB Tryptic soy broth
vWF Von Willebrand factor
W Warburg element

References

1. Tong, S.Y.; Davis, J.S.; Eichenberger, E.; Holland, T.L.; Fowler, V.G., Jr. Staphylococcus aureus infections:
Epidemiology, pathophysiology, clinical manifestations, and management. Clin. Microbiol. Rev. 2015, 28,
603–661. [CrossRef] [PubMed]

2. Carroll, K.C. Rapid diagnostics for methicillin-resistant Staphylococcus aureus: Current status. Mol. Diagn. Ther.
2008, 12, 15–24. [CrossRef] [PubMed]

3. Jin, W.; Yamada, K. Staphylococcal enterotoxins in processed dairy products A2. In Food Hygiene and
Toxicology in Ready to Eat Foods; Kotzekidou, P., Ed.; Academic Press: San Diego, CA, USA, 2016; pp. 241–258.

4. Hibnick, H.E.; Bergdoll, M.S. Staphylococcal enterotoxin. II. Chemistry. Arch. Biochem. Biophys. 1959, 85,
70–73. [CrossRef]

5. DeDent, A.C.; McAdow, M.; Schneewind, O. Distribution of protein A on the surface of Staphylococcus aureus.
J. Bacteriol. 2007, 189, 4473–4484. [CrossRef] [PubMed]

6. Schelin, J.; Wallin-Carlquist, N.; Cohn, M.T.; Lindqvist, R.; Barker, G.C.; Radstrom, P. The formation of
Staphylococcus aureus enterotoxin in food environments and advances in risk assessment. Virulence 2011, 2,
580–592. [CrossRef] [PubMed]

7. Law, J.W.; Ab Mutalib, N.S.; Chan, K.G.; Lee, L.H. Rapid methods for the detection of foodborne bacterial
pathogens: Principles, applications, advantages and limitations. Front. Microbiol. 2014, 5, 770. [CrossRef]
[PubMed]

254



Int. J. Mol. Sci. 2017, 18, 2484

8. Zhao, X.; Wei, C.; Zhong, J.; Jin, S. Research advance in rapid detection of foodborne Staphylococcus aureus.
Biotechnol. Biotechnol. Equip. 2016, 30, 827–833. [CrossRef]

9. Oh, A.C.; Lee, J.K.; Lee, H.N.; Hong, Y.J.; Chang, Y.H.; Hong, S.I.; Kim, D.H. Clinical utility of the Xpert
MRSA assay for early detection of methicillin-resistant Staphylococcus aureus. Mol. Med. Rep. 2013, 7, 11–15.
[CrossRef] [PubMed]

10. Mohanty, S.P.; Kougianos, E. Biosensors: A tutorial review. IEEE Potentials 2006, 25, 35–40. [CrossRef]
11. Hoja, J.; Lentka, G. A family of new generation miniaturized impedance analyzers for technical object

diagnostics. Metrol. Meas. Syst. 2013, 20. [CrossRef]
12. Lisdat, F.; Schafer, D. The use of electrochemical impedance spectroscopy for biosensing. Anal. Bioanal. Chem.

2008, 391, 1555–1567. [CrossRef] [PubMed]
13. Bahadir, E.B.; Sezginturk, M.K. A review on impedimetric biosensors. Artif. Cells Nanomed. Biotechnol. 2016,

44, 248–262. [CrossRef] [PubMed]
14. Bekir, K.; Barhoumi, H.; Braiek, M.; Chrouda, A.; Zine, N.; Abid, N.; Maaref, A.; Bakhrouf, A.; Ouada, H.B.;

Jaffrezic-Renault, N.; et al. Electrochemical impedance immunosensor for rapid detection of stressed
pathogenic Staphylococcus aureus bacteria. Environ. Sci. Pollut. Res. Int. 2015, 22, 15796–15803. [CrossRef]
[PubMed]

15. O’Sullivan, C.K. Aptasensors—The future of biosensing? Anal. Bioanal. Chem. 2002, 372, 44–48. [CrossRef]
[PubMed]

16. Gopinath, S.C. Methods developed for SELEX. Anal. Bioanal. Chem. 2007, 387, 171–182. [CrossRef] [PubMed]
17. Willner, I.; Zayats, M. Electronic aptamer-based sensors. Angew. Chem. Int. Ed. Engl. 2007, 46, 6408–6418.

[CrossRef] [PubMed]
18. Radi, A.E.; Acero Sanchez, J.L.; Baldrich, E.; O’Sullivan, C.K. Reusable impedimetric aptasensor. Anal. Chem.

2005, 77. [CrossRef] [PubMed]
19. Zhu, B.; Booth, M.A.; Woo, H.Y.; Hodgkiss, J.M.; Travas-Sejdic, J. Label-Free, electrochemical quantitation of

potassium ions from femtomolar levels. Chem. Asian. J. 2015, 10, 2169–2175. [CrossRef] [PubMed]
20. Liang, G.; Man, Y.; Jin, X.; Pan, L.; Liu, X. Aptamer-based biosensor for label-free detection of ethanolamine

by electrochemical impedance spectroscopy. Anal. Chim. Acta. 2016, 936, 222–228. [CrossRef] [PubMed]
21. Labib, M.; Zamay, A.S.; Kolovskaya, O.S.; Reshetneva, I.T.; Zamay, G.S.; Kibbee, R.J.; Sattar, S.A.; Zamay, T.N.;

Berezovski, M.V. Aptamer-based viability impedimetric sensor for bacteria. Anal. Chem. 2012, 84, 8966–8969.
[CrossRef] [PubMed]

22. Shahdordizadeh, M.; Taghdisi, S.M.; Ansari, N.; Langroodi, F.A.; Abnous, K.; Ramezani, M. Aptamer based
biosensors for detection of Staphylococcus aureus. Sens. Actuators B Chem. 2017, 241, 619–635. [CrossRef]

23. Yuan, J.; Wu, S.; Duan, N.; Ma, X.; Xia, Y.; Chen, J.; Ding, Z.; Wang, Z. A sensitive gold nanoparticle-based
colorimetric aptasensor for Staphylococcus aureus. Talanta 2014, 127, 163–168. [CrossRef] [PubMed]

24. Shangguan, J.; Li, Y.; He, D.; He, X.; Wang, K.; Zou, Z.; Shi, H. A combination of positive dielectrophoresis
driven on-line enrichment and aptamer-fluorescent silica nanoparticle label for rapid and sensitive detection
of Staphylococcus aureus. Analyst 2015, 140, 4489–4497. [CrossRef] [PubMed]

25. Duan, N.; Wu, S.; Zhu, C.; Ma, X.; Wang, Z.; Yu, Y.; Jiang, Y. Dual-color upconversion fluorescence
and aptamer-functionalized magnetic nanoparticles-based bioassay for the simultaneous detection of
Salmonella typhimurium and Staphylococcus aureus. Anal. Chim. Acta 2012, 723, 1–6. [CrossRef] [PubMed]

26. Chang, Y.C.; Yang, C.Y.; Sun, R.L.; Cheng, Y.F.; Kao, W.C.; Yang, P.C. Rapid single cell detection of
Staphylococcus aureus by aptamer-conjugated gold nanoparticles. Sci. Rep. 2013, 3. [CrossRef] [PubMed]

27. Zelada-Guillen, G.A.; Sebastian-Avila, J.L.; Blondeau, P.; Riu, J.; Rius, F.X. Label-free detection of
Staphylococcus aureus in skin using real-time potentiometric biosensors based on carbon nanotubes and
aptamers. Biosens. Bioelectron. 2012, 31, 226–232. [CrossRef] [PubMed]

28. Hernandez, R.; Valles, C.; Benito, A.M.; Maser, W.K.; Rius, F.X.; Riu, J. Graphene-based potentiometric
biosensor for the immediate detection of living bacteria. Biosens. Bioelectron. 2014, 54, 553–557. [CrossRef]
[PubMed]

29. Abbaspour, A.; Norouz-Sarvestani, F.; Noori, A.; Soltani, N. Aptamer-conjugated silver nanoparticles for
electrochemical dual-aptamer-based sandwich detection of Staphylococcus aureus. Biosens. Bioelectron. 2015,
68. [CrossRef] [PubMed]

255



Int. J. Mol. Sci. 2017, 18, 2484

30. Lian, Y.; He, F.; Wang, H.; Tong, F. A new aptamer/graphene interdigitated gold electrode piezoelectric
sensor for rapid and specific detection of Staphylococcus aureus. Biosens. Bioelectron. 2015, 65, 314–319.
[CrossRef] [PubMed]

31. Jia, F.; Duan, N.; Wu, S.; Ma, X.; Xia, Y.; Wang, Z.; Wei, X. Impedimetric aptasensor for Staphylococcus aureus
based on nanocomposite prepared from reduced graphene oxide and gold nanoparticles. Microchim. Acta
2014, 181, 967–974. [CrossRef]

32. Kahl, B.C.; Mellmann, A.; Deiwick, S.; Peters, G.; Harmsen, D. Variation of the polymorphic region X of
the protein A gene during persistent airway infection of cystic fibrosis patients reflects two independent
mechanisms of genetic change in Staphylococcus aureus. J. Clin. Microbiol. 2005, 43, 502–505. [CrossRef]
[PubMed]

33. O’Seaghdha, M.; van Schooten, C.J.; Kerrigan, S.W.; Emsley, J.; Silverman, G.J.; Cox, D.; Lenting, P.J.;
Foster, T.J. Staphylococcus aureus protein A binding to von Willebrand factor A1 domain is mediated by
conserved IgG binding regions. FEBS J. 2006, 273, 4831–4841. [CrossRef] [PubMed]

34. Stoltenburg, R.; Reinemann, C.; Strehlitz, B. FluMag-SELEX as an advantageous method for DNA aptamer
selection. Anal. Bioanal. Chem. 2005, 383, 83–91. [CrossRef] [PubMed]

35. Stoltenburg, R.; Schubert, T.; Strehlitz, B. In vitro selection and interaction studies of a DNA aptamer
targeting protein A. PLoS ONE 2015, 10. [CrossRef] [PubMed]

36. Stoltenburg, R.; Krafcikova, P.; Viglasky, V.; Strehlitz, B. G-quadruplex aptamer targeting protein A and
its capability to detect Staphylococcus aureus demonstrated by ELONA. Sci. Rep. 2016, 6, 33812. [CrossRef]
[PubMed]

37. Keighley, S.D.; Li, P.; Estrela, P.; Migliorato, P. Optimization of DNA immobilization on gold electrodes for
label-free detection by electrochemical impedance spectroscopy. Biosens. Bioelectron. 2008, 23, 1291–1297.
[CrossRef] [PubMed]

38. Steel, A.B.; Herne, T.M.; Tarlov, M.J. Electrochemical quantitation of DNA immobilized on gold. Anal. Chem.
1998, 70, 4670–4677. [CrossRef] [PubMed]

39. Debono, R.F.; Loucks, G.D.; Manna, D.D.; Krull, U.J. Self-assembly of short and long-chain n-alkyl thiols
onto gold surfaces: A real-time study using surface plasmon resonance techniques. Can. J. Chem. 1996, 74,
677–688. [CrossRef]

40. Martin, S.J.; Granstaff, V.E.; Frye, G.C. Characterization of a quartz crystal microbalance with simultaneous
mass and liquid loading. Anal. Chem. 2002, 63, 2272–2281. [CrossRef]

41. Urmann, K.; Modrejewski, J.; Scheper, T.; Walter Johanna, G. Aptamer-modified nanomaterials: Principles
and applications. BioNanoMaterials 2017, 18. [CrossRef]

42. Erickson, H.P. Size and shape of protein molecules at the nanometer level determined by sedimentation, gel
filtration, and electron microscopy. Biol. Proced. Online 2009, 11, 32–51. [CrossRef] [PubMed]

43. Angell, D.H.; Dickinson, T. The kinetics of the ferrous/ferric and ferro/ferricyanide reactions at platinum
and gold electrodes. J. Electroanal. Chem. Interfacial Electrochem. 1972, 35, 55–72. [CrossRef]

44. Hirschorn, B.; Orazem, M.E.; Tribollet, B.; Vivier, V.; Frateur, I.; Musiani, M. Determination of effective
capacitance and film thickness from constant-phase-element parameters. Electrochim. Acta 2010, 55,
6218–6227. [CrossRef]

45. Sjödahl, J. Structural studies on the four repetitive Fc-binding regions in protein A from Staphylococcus aureus.
Eur. J. Biochem. 1977, 78, 471–490. [CrossRef] [PubMed]

46. Urmann, K.; Reich, P.; Walter, J.G.; Beckmann, D.; Segal, E.; Scheper, T. Rapid and label-free detection of
protein A by aptamer-tethered porous silicon nanostructures. J. Biotechnol. 2017, 257, 171–177. [CrossRef]
[PubMed]

47. Banada, P.P.; Chakravorty, S.; Shah, D.; Burday, M.; Mazzella, F.M.; Alland, D. Highly sensitive detection of
Staphylococcus aureus directly from patient blood. PLoS ONE 2012, 7, e31126. [CrossRef] [PubMed]

48. Cao, X.; Li, S.; Chen, L.; Ding, H.; Xu, H.; Huang, Y.; Li, J.; Liu, N.; Cao, W.; Zhu, Y.; et al. Combining use of a
panel of ssDNA aptamers in the detection of Staphylococcus aureus. Nucleic Acids Res. 2009, 37, 4621–4628.
[CrossRef] [PubMed]

49. Reich, P. Entwicklung eines impedimetrischen Aptasensor zur Detektion von Staphylococcus aureus.
Ph.D. Thesis, Leibniz Universität Hannover, Hannover, Germany, 2017. in preparation.

256



Int. J. Mol. Sci. 2017, 18, 2484

50. Tallent, S.M.; Bennett, R.W.; Hait, J.M. Chapter 13 B Staphylococcal Enterotoxins Detection Methods. 2017.
U.S. Food and Drug Administration. Available online: https://www.fda.gov/Food/FoodScienceResearch/
LaboratoryMethods/ucm564359.htm (accessed on 13 November 2017).

51. Bennett, R.W.; Lancette, G.A. Chapter 12 Staphylococcus aureus. 2016; U.S. Food and Drug Administration.
Available online: https://www.fda.gov/Food/FoodScienceResearch/LaboratoryMethods/ucm071429.htm
(accessed on 13 November 2017).

52. Sauerbrey, G. Verwendung von Schwingquarzen zur Wägung dünner Schichten und zur Mikrowägung.
Zeitschrift für Physik 1959, 155, 206–222. [CrossRef]

53. Oesch, U.; Janata, J. Electrochemical study of gold electrodes with anodic oxide films—I. Formation and
reduction behaviour of anodic oxides on gold. Electrochim. Acta 1983, 28, 1237–1246. [CrossRef]

© 2017 by the authors. Licensee MDPI, Basel, Switzerland. This article is an open access
article distributed under the terms and conditions of the Creative Commons Attribution
(CC BY) license (http://creativecommons.org/licenses/by/4.0/).

257



 International Journal of 

Molecular Sciences

Article

In Vitro Selection of a Single-Stranded DNA
Molecular Recognition Element against the Pesticide
Fipronil and Sensitive Detection in River Water

Ka L. Hong 1,* and Letha J. Sooter 2

1 Department of Pharmaceutical Sciences, Nesbitt School of Pharmacy, Wilkes University, 84 W. South Street,
Wilkes-Barre, PA 18766, USA

2 Independent Researcher, Pittsburgh, PA 15234, USA; lethasooter@rocketmail.com
* Correspondence: kalok.hong@wilkes.edu; Tel.: +1-570-408-4296

Received: 31 October 2017; Accepted: 25 December 2017; Published: 28 December 2017

Abstract: Fipronil is a commonly used insecticide that has been shown to have environmental and
human health risks. The current standard methods of detection for fipronil and its metabolites, such
as GC-MS, are time consuming and labor intensive. In this study, a variant of systematic evolution
of ligands by exponential enrichment (SELEX), was utilized to identify the first single-stranded
DNA (ssDNA) molecular recognition element (MRE) that binds to fipronil with high affinity
(Kd = 48 ± 8 nM). The selected MRE displayed low cross binding activity on various environmentally
relevant, structurally unrelated herbicides and pesticides, in addition to broad-spectrum binding
activity on major metabolites of fipronil and a structurally similar pesticide in prepared river samples.
Additionally, a proof-of-principle fluorescent detection assay was developed by using the selected
ssDNA MRE as a signal-reporting element, with a limit of detection of 105 nM in a prepared river
water sample.

Keywords: SELEX; in vitro selection; aptamer; molecular recognition element (MRE); fipronil;
pesticide; insecticide; ELISA; Decoy-SELEX

1. Introduction

Fipronil has been a widely used phenlpyrazole insecticide in the United States since it was first
introduced in the late 1990s [1]. Fipronil inhibits gamma-aminobutyric acid (GABA) gated chloride
channels and causes continuous excitation of the central nervous system, which ultimately leads
to insect death [2]. Fipronil is often used as an alternative to organophosphate pesticides in many
settings, including residential, commercial, and agricultural, due to its selectivity on insect GABA
receptors [3]. There was a ten-fold increase in fipronil sales in California from 2000 to 2005 [4]. A report
by Simon-Delso et al. indicates that fipronil currently accounts for approximately 10% of the global
pesticide market [5].

Fipronil has become a widespread environmental contaminant because of its wide applications.
In the United States from 2002 to 2011, fipronil was detected in urban streams up to 63% of the time,
and 15 to 20% of the time in agricultural and mixed land [3]. Additionally, measured concentrations of
fipronil exceed the aquatic-life benchmark in 70% of urban streams and more than 20% of agricultural
and mixed land streams in this timeframe [3]. The chronic benchmarks for fish species and aquatic
invertebrates are 6.6 μg/L and 9.8 μg/L, respectively [6]. It has also been shown to contaminate
drinking water sources in Vietnam [7]. Worldwide exposure of humans and ecosystems to fipronil has
been clearly observed.

The presence of fipronil in urban streams has been reported. It suggested that fipronil is highly
toxic to many steam invertebrates, with a mean 96-h viability inhibition EC50 values as low as 32.5 ng/L
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for Chironomus dilutus [8]. In addition to the toxicity in aquatic invertebrates, fipronil is highly toxic
to many fish species, with a reported 96-h LC50 level as low as 0.246 mg/L for rainbow trout and
0.083 mg/L for bluegill sunfish [1]. It also has a tremendous detrimental effect on non-target insects,
such as honey-bees [9]. Although fipronil binds more selectively to insect GABA receptors than
mammal GABA receptors, a long term toxicity study showed it increased thyroid follicular cell tumors
in rats [10,11]. The U.S. Environmental Protection Agency has therefore classified fipronil as a possible
human carcinogen [10]. Even though there has been an overall increase in the knowledge of how
fipronil is impacting the environment and human health, a large knowledge gap still exists in terms of
its long term environmental fate in various media, such as soils and agricultural products [12]. Thus,
it is important to monitor the exposure levels of fipronil in the environment.

Currently, the detection of fipronil levels in environmental and biological samples are mostly
dependent on chromatographic methods, such as gas and/or liquid chromatography coupled with
mass spectrometry [13–16]. These methods are sensitive, but costly, and time and labor intensive.
There have been reported uses of antibody-based enzyme-linked immunosorbent assays (ELISA)
to detect total fipronil levels in human blood samples and artificially contaminated tap water
samples [17–19]. However, there are inherent limitations in antibody-based assays. They are difficult
or non-reusable, expensive to produce, and may suffer from batch-to-batch variations [20,21]. There is
a clear need to develop a low-cost, rapid, reusable means to detect fipronil. One possible way to
achieve this is by identifying a single-stranded DNA (ssDNA) molecular recognition element (MRE)
that specifically binds to fipronil.

The process, systematic evolution of ligands by exponential enrichment (SELEX) can be utilized
to identify such a specific binding element [22]. This in vitro selection process involves repeated cycles
of incubation of a target with a library of up to 1015 different molecules, followed by partitioning of
binders and non-binders under increasing selective pressure.

This study utilized a stringent variation of the SELEX process previously described by Hong et al.
to select a ssDNA MRE with high binding affinity toward fipronil [23]. This Decoy-SELEX variant
emphasizes on introducing multiple, lengthy negative selection rounds to direct the enriched library
away from binding to structurally similar molecules and molecules that are likely to co-exist in the
same environment [23–26]. In this study, major metabolites of fipronil, commonly used herbicides
and pesticides (atrazine, malathion and propanil), and a closely related pesticide, ethiprole have
been used as negative targets. Bovine serum albumin (BSA) was chosen to be one of the negative
targets, as it is a common blocking agent. In addition, the selected ssDNA MRE was also incorporated
into a proof-of-principle fluorescence assay for the detection of fipronil in prepared river water at
nanomolar concentrations.

2. Results and Discussion

2.1. Identification of Fipronil Specific ssDNA MRE

Twelve rounds of SELEX were carried out to identify ssDNA MREs specific to fipronil
(Figure 1, Table 1). Thirty eight, thirty three, thirty three, and thirty five of post round 3, 6, 9, and 12
library clones were sequenced and analyzed for consensus sequence families, respectively. Round 12
sequences were also subjected to Mfold analysis for secondary structures with associated Gibbs free
energy values (ΔG) (indicating stability). One candidate sequence, designated R12.51 appeared to be
highly conserved in multiple sequence families. The random region of R12. 51 shares 30%, 32% and
38% identity with the random regions of R12.43, R12.20 and R12.17 respectively (Figure 2).
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Figure 1. Illustration of the in vitro selection process. The in vitro selection process begins with up to
1015 different ssDNA molecules (represented by various small, colored shapes) and incubation with the
target of interest, fipronil. Molecules that bind to fipronil are amplified and subjected to incubation with
negative targets. Those that do not bind to negative targets are isolated and amplified. This completes
one round of an in vitro selection cycle.

Table 1. Systematic evolution of ligands by exponential enrichments (SELEX) scheme for
fipronil-specific molecular recognition element (MRE) selection.

Round Positive Selection Time Negative Selection Time

1 Immobilized Target (IT) 48 h Immobilizing substrate (IS) 24 h

2 IT 22 h Immobilized Negative Target (INT)
Fipronil Sulfide 24 h

3 IT 16 h INT Fipronil Desulfinyl 24 h

4 IT 11 h INT Fipronil Sulfone 24 h

5 IT 6.5 h INT Ethiprole 24 h

6 IT 3 h IT/
1 mM of BSA Free Elution (FE)

3 h/
24 h

7 IT/
Competitive Elution with 500 μM free Fipronil

3 h/
1 h

IT/
1 μM of Atrazine FE/1 μM of

Propanil FE

3 h/
24 h/
24 h

8 IT/
Competitive Elution with 500 μM free Fipronil

1 h/
30 min

IT/
1 μM of Fipronil Sulfone FE/

1 μM of Fipronil Desulfinyl FE

3 h/
24 h/
24 h

9 IT/
Competitive Elution with 100 μM free Fipronil

15 min/
5 min

IT/
1 μM of Fipronil Sulfide FE

15 min/
15 min

10 IT/
Competitive Elution with 10 μM free Fipronil

1 min/
1 min

IT/
1 μM of Ethiprole Free Elution

1 min/
1 min

11 IT/
Competitive Elution with 1 μM free Fipronil

Immediate/
Immediate

IT/
1 mM of BSA FE/

1 μM of Malathion FE

1 min/
6 h/

30 min

12 IT/
Competitive Elution with 100 nM free Fipronil

Immediate/
Immediate -

In vitro selection performed for identifying fipronil-specific MRE. Immobilized target (IT) is fipronil conjugated to
magnetic beads. Immobilized negative target (INT) is negative targets conjugated to magnetic beads. BSA is the
abbreviation for bovine serum albumin. FE is the abbreviation for free elution. Times listed are incubation times in
hours (h), minutes (min) or immediate (few seconds).
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Figure 2. Representative sequence families of the round 12 library. Partial constant regions are shown
in bold letters. The variable regions are shown in regular letters. R12.51 candidate MRE represented in
multiple sequence families, and shared similarity with other sequences in their corresponding families.
The turquoise color indicates the center for alignment in each family and other colors represent sequence
similarity of each sequence.

The Mfold DNA folding web-server predicts secondary structures of ssDNA sequences with given
temperatures, sodium ion and magnesium ion concentrations [27]. The Mfold predicted stem–loop
features of R12.51 were comprised of the random region and the constant regions, and had a Gibbs free
energy of −9.28 kcal/mol (Figure 3). Previous studies demonstrated the constant region participates
in binding events, and therefore may not be ignored when analyzing candidate MRE sequences and
predicted secondary structures [28–32]. Based on these criteria, R12.51 was chosen as the candidate
MRE for characterization studies.
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Figure 3. Secondary structure and sequence of R12.51 candidate ssDNA MRE. (A) ssDNA sequence of
candidate fipronil MRE R12.51. The red portions indicate the constant regions for primer attachment,
and the black portion indicates the variable region; (B) Mfold prediction of R12.51 secondary
structure [27].

2.2. Affinity and Specifcity of Fipronil-Specific ssDNA MRE in Selection Buffer and Buffered River Water

Four independent fluorescent saturation binding assays were conducted to determine the affinity
of the R12.51 candidate sequence. Concentrations of the candidate sequence in the low nM to 10 μM
range were assayed. The equilibrium dissociation constant (Kd) from the four binding assays were
55 ± 14 nM, 35 ± 9 nM, 38 ± 12 nM and 64 ± 12 nM. The average equilibrium dissociation constant (Kd)
was 48 ± 8 nM (Figure 4). This plate-based fluorescence saturation binding assay method was modified
from a previously reported bead-based assay [24–26]. The equilibrium dissociation constant obtained
for R12.51 is comparable to other small molecule binding ssDNA MREs identified with other variants
of SELEX [33–35]. This high affinity further validates the stringency of this SELEX scheme [36,37].

The cross-binding activity of R12.51 on negative targets used in the selection was also determined.
This assay was modified from a previously described bead-based assay [24–26]. The data is presented
relative to binding between R12.51 and fipronil as has been previously described [24,25,36,37].
The ssDNA MRE preferentially binds to fipronil, compared to atrazine (p = 0.030), propanil (p = 0.005),
and malathion (p = 0.039) in buffer conditions (Table 2). The binding between fipronil, fipronil
metabolites and ethiprole are not significantly different in buffer conditions. It is likely due to their high
degrees of structural similarity. This suggests R12.51 potentially binds to the core chemical structure
that is shared among fipronil, fipronil metabolites and ethiprole. A relatively high concentration
of the negative targets (1 μM) were used in the selection buffer cross-binding assays, as the same
concentration was introduced during the selection process (Table 1).
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Figure 4. Fluorescent equilibrium binding assay of R12.51. (A) Representative saturation binding curve
of R12.51 with nonlinear regression sigmoidal curve best fit. Concentration data was transformed by
logarithmic scale. Normalized average fluorescence from triplicate samples were presented. Error bars
are representative of ±1× standard deviations. The goodness of fit (R2) was 0.87; (B) Representative
equilibrium dissociation constant with standard error for the presented R12.51 binding assay.

Table 2. Cross-reactivity data of R12.51 ssDNA MRE in selection buffer.

Target Normalized Average Fluorescence Standard Deviation p-Value Selective Ratio

Fipronil 2.413 0.194 - -
Fipronil Sulfone 2.248 0.388 0.279 1.07
Fipronil Sulfide 2.726 0.460 0.169 0.89

Fipronil Desulfinyl 2.088 0.623 0.219 1.16
Ethiprole 2.185 0.217 0.124 1.10
Atrazine 1.963 0.227 0.030 1.23
Propanil 1.587 0.243 0.005 1.52

Malathion 2.048 0.184 0.039 1.18
BSA 8.687 0.360 5.99 × 10−6 0.28

Selection Buffer (No Targets) 0.247 0.214 1.02 × 10−4 9.74

For each negative target (1 μM), normalized average fluorescence is given with 1× standard deviation. Each set
of experiments was performed in triplicate. A one tailed student’s t-test was performed to calculate the p-value
between fipronil and the cross-binding targets. The selectivity ratio represents the normalized average fluorescence
for fipronil divided by the normalized average fluoresce for the cross-binding target, indicating R12.51’s level of
preference for fipronil compared to the cross-binding target.

Interestingly, the cross-binding activity of R12.51 in a river water/buffer mix is noticeably
different than in selection buffer alone (Table 3). A lower environmentally relevant concentration
of negative targets was examined. The ssDNA MRE binds to fipronil significantly higher than it
does to atrazine, propanil, and malathion in a river water/buffer mixed condition. While there are
statistically significant differences in the binding selectivity ratios between fipronil, fipronil metabolites
and ethiprole, the differences are small. It is to be noted that the river water/buffer mix alone did not
elute a detectable level of R12.51 bound to immobilized fipronil. The difference between cross-binding
profiles of selection buffer and the river water/ buffer mix is likely due to the water hardness found in
the sampled river [38]. It is known that divalent cations such as Ca2+ and Mg2+ can greatly stabilize
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the secondary structures of nucleic acid MREs [39]. Hard-water containing a sufficient amount of
these divalent cations potentially stabilizes the secondary structure of R12.51 when it binds to fipronil.
The selectivity ratios between fipronil and structurally related compounds remain relatively unchanged
in both binding conditions. This is again likely due to the close structural similarity between these
compounds. It is to be noted that all the fipronil metabolites used in this study are environmentally
relevant degradation products of fipronil [40]. This property of broad-spectrum binding to fipronil
metabolites is desirable in an environmental biosensor.

Table 3. Cross-reactivity data of R12.51 ssDNA MRE in river water/buffer mix.

Target
Normalized Average

Fluorescence
Standard Deviation p-Value Selective Ratio

Fipronil 3.863 0.090 - -
Fipronil Sulfone 2.863 0.180 4.98 × 10−4 1.34
Fipronil Sulfide 4.333 0.944 2.19 × 10−1 0.89

Fipronil Desulfinyl 2.902 0.245 15.5 × 10−3 1.33
Ethiprole 3.157 0.148 1.06 × 10−3 1.22
Atrazine 0.804 0.302 3.66 × 10−5 4.80
Propanil 0.764 0.509 2.44 × 10−4 5.05

Malathion 0.725 0.355 5.98 × 10−5 5.32
BSA 20.41 1.118 6.95 × 10−6 0.19

River water/Buffer Mix (No Targets) −0.549 1.779 6.37 × 10−3 −7.035

For each negative target (200 nM), normalized average fluorescence is given with 1× standard deviation. Each set
of experiments was performed in triplicate. A one tailed student’s t-test was performed to calculate the p-value
between fipronil and cross-binding targets. The selectivity ratio represents the normalized average fluorescence
for fipronil divided by the normalized average fluoresce for the cross-binding target, indicating R12.51’s level of
preference for fipronil compared to the cross-binding target.

Binding of R12.51 to BSA is strong in both binding conditions. This may be due to the
large globular nature of the protein and its non-specific interaction with single-stranded DNA.
This non-specific interaction appears to be difficult to reduce, despite of having two rounds of negative
selection against BSA. High levels of non-specific binding between a small molecule specific ssDNA
MRE and BSA was also observed in a previous study [26]. The same library utilized in this study,
designated RMW.N34 has been studied in two other protein-targeted in vitro selection projects [36,37].
A phenomenon was observed from these studies in regards to the binding selectivity of the library
molecules subjected to the Decoy-SELEX variant. It is possible that the binding selectivity of the
library is enriched during early rounds of the selection process based on the molecular sizes of the
target/or negative targets. In this study, BSA was first introduced after six rounds of enrichment. It is
possible that the library was already enriched to a degree that a majority of the library molecules
had non-specific binding to globular protein. This therefore suggests that early rounds of negative
selection against globular proteins may be advantageous in magnetic bead-based small molecule
SELEX schemes.

2.3. Biosensing Application of Fipronil-Specific MRE in River Water

The broad-spectrum binding profile of R12.51 and its high selectivity in conditioned river water
allowed the investigation of its potential application as a biosensing tool. A plate-based biosensing
platform using R12.51 as the reporter element was developed. Filtered river water/buffer mix was
spiked to contain concentrations of 0, 5, 10, 25, 50, 100, 200, and 500 nM of fipronil. The spiked
samples were incubated with FAM-labelled MRE bound to immobilized fipronil. The amount of MRE
eluted with spiked sample was retrieved and the fluorescence signal was recorded on a plate reader.
The calibration curve of fluorescence intensity and a linear correlation (R2 = 0.9025) between the value
of normalized fluorescence and fipronil concentration were generated (Figure 5). The limit of detection
(LOD) was calculated to be 105 nM based on the method previously described by Armbruster et al. [41].
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Figure 5. The calibration curve of fluorescence intensity with increasing concentrations of fipronil
spiked in river water/buffer mix. Data is transformed by logarithmic scale. Normalized average
fluorescence from triplicate samples are presented. F0 and F are values of normalized fluorescence
intensities without and with fipronil. Buffer: 1× selection buffer. Error bars are representative of
±1× standard deviations.

There were two publications and one patent of fipronil detection immunoassays in the literature
at the time this study was written [17,19,42]. In the study by Vasylieva et al., the author tested the
cross reactivity of two candidate fipronil binding antibodies to structurally related compounds in
complex biological and environmental matrices. Both candidate antibodies displayed a moderate
to high levels of cross reactivity to fipronil metabolites, fipronil sulfide, fipronil sulfone, fipronil
desulfinyl and ethiprole, that were also tested in the current study [19]. This showed that traditional
antibodies also have a limited ability to differentiate the minor structural differences between fipronil
and its metabolites. The reported IC50 values of the immunoassays were in the low microgram per
liter range [19]. Although the LOD of the detection assay in this study was approximately ten-fold
higher than environmentally relevant fipronil concentration, this may be enhanced with various signal
enhancers, such as quantum dots, gold nanoparticles and horse radish peroxidase-conjugated ssDNA
MREs in future biosensor development [43–45]. It is important to note that this study showed the
identification of a fipronil binding element without the use of a hapten or animals. It also identified
the first ssDNA MRE with high binding affinity to fipronil and structurally related compounds.
One intrinsic limitation of R12.51 is its strong non-specific binding to BSA. This suggests additional
sample preparation, such as push filtering, would be needed to remove protein contaminants that
are likely to non-specifically bind to R12.51. In sum, the ability of candidate R12.51 to be applied in
a proof-of-principle detection assay in environmental matrix has been demonstrated, which has the
potential to be further developed into a ssDNA MRE based biosensor [46].

3. Materials and Methods

3.1. In Vitro Selection for Fipronil-Specific MREs

In brief, the selection began with a ssDNA library with up to 1015 different molecules. This library
was previously designed by the Sooter Laboratory at WVU, and designated RMW.N34 [25]. The library
consists of two 23-base constant regions for primer attachment during polymerase chain reaction
(PCR), flanked by a 34-base random region, and it was commercially synthesized (Eurofins MWG
Operon; Huntsville, AL, USA). Twelve rounds of SELEX were performed to identify ssDNA molecules
that bound to fipronil (Table 1, Figure 6).

265



Int. J. Mol. Sci. 2018, 19, 85

Figure 6. Chemical structures of targets used in the SELEX process and cross-binding assays.
(A) Structure of the pesticide and target of selection fipronil; (B,E,F) Structures of fipronil metabolite;
(G) Structures of ethiprole: chemically similar to fipronil; (C,D,H) Structures of atrazine, propanil and
malathion: herbicides and pesticides commonly found in similar environments as fipronil. (I) Bovine
serum albumin (PDB 4F5S, 66.5 kDa) [47].

Fipronil (AccuStandard; New Haven, CT, USA) at a concentration of 42 μM in phosphate buffer
saline (PBS)/20% acetone was covalently immobilized to carboxylic acid-coated magnetic beads
(immobilizing substrate) (Dynabeads M-270 Carboxylic Acid, Life Technologies; Grand Island, NY,
USA) via an amidation reaction using N-hydroxysulfonyl succinimide (sulfo-NHS) (Pierce; Rockford,
IL, USA) and 1-ethyl-3-(3-dimethylaminopropyl) (EDC) (Pierce; Rockford, IL, USA) according to
manufacturer’s protocol. After the conjugation reaction, beads were washed with phosphate buffer
solution three times to remove unreacted fipronil. Unreacted carboxyl groups on the beads were
quenched with 1× selection buffer (100 mM sodium chloride, 20 mM Tris-HCl, and 2 mM magnesium
chloride). This provided the immobilized target (IT).

For positive rounds, 6.7 μL of IT was incubated with the ssDNA library in 500 μL of selection buffer
(100 mM sodium chloride, 20 mM Tris-HCl, and 2 mM magnesium chloride; 1× selection buffer, SB) at
room temperature with slow rotation. IT-bound ssDNA molecules were retrieved from the solution by
magnetic separation, washed three times with 500 μL of 1× selection buffer, and resuspended in 100 μL
of 1× selection buffer. This served as the PCR amplification template. The PCR conditions were as
follows: bound ssDNA, 400 nM forward and biotinylated reverse RMW.N34 primers (Eurofins MWG
Operon; Huntsville, AL, USA) (forward primer sequence: 5′-TGTACCGTCTGAGCGATTCGTAC-3′,
biotinylated reverse primer sequence: 5′-Biotin-GCACTCCTTAACACTGACTGGCT-3′), 250 μM
deoxynucleotide triphosphates, 1× GoTaq Reaction Buffer (Promega; Madison, WI, USA), 3.5 units
Taq, and MilliQ pure water. Thermal cycling conditions were as follows: denature at 95 ◦C for 5 min,
cycle at 95 ◦C for 1 min, 63 ◦C for 45 s, and 72 ◦C for 1 min; and final extension temperature at 72 ◦C
for 7 min [24–26]. Large scale 4 mL PCR was carried out after each positive and negative selection
round. This selection procedure for immobilized fipronil was performed for Rounds 1–6, each with
decreasing incubation time.
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PCR product with amplified dsDNA was purified with the IBI purification kit (IBI Scientific;
Peosta, IA, USA) according to manufacturer’s protocol. Post-purification process includes single strand
separation and ethanol precipitation of the forward strand DNA. These procedures were performed
identically to as previously described [24–26].

For negative selection rounds, metabolites of fipronil (AccuStandard; New Haven, CT, USA),
ethiprole (Sigma; St. Louis, MO, USA), and BSA were conjugated to carboxylic acid-coated magnetic
beads as described above and served as immobilized negative targets. The selection process for
negative Rounds 2–6 were performed similarly to positive Rounds 1–6, but unbound ssDNA molecules
were instead retrieved and amplified.

Free fipronil was introduced in Round 7 positive and used for competitive elution. Competitive
elution with the free target was performed to ensure the library does not bind to the immobilizing
substrate, or the target only when it is immobilized. The incubation process was performed as positive
Rounds 1–6, but free fipronil at a concentration of 500 μM in 1× selection buffer/0.5% methanol was
used to elute ssDNA molecules bound to IT. The solution containing ssDNA bound to free fipronil
was retrieved, and served as PCR template. The process was performed for positive Rounds 7–12,
each with decreasing incubation time and free fipronil concentrations. For negative Rounds 7–11,
similar competitive elutions were performed with free negative targets in solution. However, beads
were retained, resuspended in selection buffer, and ssDNA bound to IT were amplified by PCR.

3.2. Cloning and Sequencing of the Fipronil-Binding MREs

The ssDNA library of post Rounds 3 negative, 6 negative, 9 negative and 12 positive, were
cloned into competent E. coli cells, and plasmid DNA was extracted and analyzed for the enrichment
of consensus binding sequences. These procedures were performed identically to as previously
described [24–26]. A total of thirty to sixty randomly selected sequences from each listed round
was analyzed.

3.3. Fipronil-Binding MREs Binding Assays in Selection Buffer

One candidate sequence designated as R12.51 from the round 12 sequences was selected for further
characterization. The Mfold DNA web server was used for R12.51 secondary structure prediction with
parameter settings at the ionic conditions of 1× selection buffer at 25 ◦C [27]. R12.51 was commercially
synthesized with a 5′ FAM modification for the use of fluorescence saturation plate-based binding
assay (Eurofins MWG Operon; Huntsville, AL, USA).

Fluorescence saturation plated-based binding assay was modified from previously described
bead-based binding assays [24–26]. Concentrations of 0, 10, 20, 40, 60, 100, 500, and 1000 nM MRE were
used in saturation binding assays. A 100 μL sample of 10 μM Fipronil in phosphate buffer solution
was added to wells of a maleic anhydride activated 96-well microplate (Pierce; Rockford, IL, USA) and
incubated with shaking at room temperature overnight. Following this preparation, each well was then
blocked and washed with 200 μL of 1× selection buffer for 3 times, 10 min for each wash. FAM-labeled
MRE of each concentration in a 100 μL total volume of 1× selection buffer was incubated with each
well for five minutes. Unbound MRE was removed and each well was washed five times with 200 μL
of 1× selection buffer, then 0.1 M of sodium hydroxide was added to each well to elute bound MRE.
Eluted ssDNA was placed in a 96-well microplate and measured in a FLx800 microplate reader with
excitation at 490 nm and emission at 520 nm (Biotek US, Winooski, VT, USA). All fluorescent readings
on the plate were normalized to 100 μL of a 1 nM FAM-MRE in selection buffer with 0.1 M of sodium
hydroxide. For each concentration set, a negative control was performed with wells containing no
fipronil. Each set of concentrations were performed in triplicate. Three independent assays were
performed as described above. GraphPad Prism 3 (GraphPad Software; La Jolla, CA, USA) was utilized
to analyze the data and determine the dissociation constant (Kd) of the MRE using nonlinear regression
analysis and fit as previously described [24–26] Additional binding assay with concentrations of 0.5, 1,
5, 10, 15, 20, 40, 60, 100, 500, 1000, 2000, 5000, and 10,000 nM MRE were used. Assay was performed as
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described above. GraphPad Prism 3 was utilized to analyze the data and determine the dissociation
constant (Kd) of the MRE using nonlinear regression analysis and fit as described above, and the
goodness of fit was determined with nonlinear regression sigmoidal analysis.

To determine the binding of R12.51 to negative targets used in the selection, fipronil was
immobilized and microplate wells were washed and blocked exactly as described above. A 100 μL
sample of 500 nM FAM-labeled MRE was added to each well for five minutes. Unbound MRE was
removed and each well was washed as described above. Then, each well was incubated with 100 μL
of 1 μM of the following in 1× selection buffer: fipronil sulfone, fipronil sulfide, fipronil desulfinyl,
ethiprole, atrazine, propanil, malathion, BSA and in 1× selection buffer only. An incubation without
MRE added and with fipronil as the eluent served as a normalization control. Each eluent solution
was first incubated with the immobilized target for fifteen minutes, and then recovered. As described
above, the solution was placed in a 96-well plate and the fluorescence was measured. Data were
normalized to an internal fluorescent standard of 1nM FAM-labeled MRE and then the no-MRE control
was subtracted as previously described [24–26]. Each set of specific binding studies were performed in
triplicate. Data was averaged and standard deviation was calculated. A one-tailed student t-test was
used to determine the statistical significance in difference of the means (p < 0.05).

3.4. Fipronil Cross-Binding Assay in River Water

To determine the binding of R12.51 to negative targets in river water, the experiment was
performed similar to cross-binding assays performed in 1× selection buffer with minor modifications.
River water was collected from the Susquehanna River at GPS coordinates 41◦15′03.0′ ′ N 75◦53′04.8′ ′ W.
River water was first decanted to remove visible debris. It was then push-filtered through a 0.2 micron
filter paper. An equal volume of 2× selection buffer was mixed with the prepared river water. Fipronil
and all the negative targets were prepared in river water/buffer mix at 200 nM. Procedures and data
analysis were performed as described in Section 3.3.

3.5. Fipronil Detection Assay in River Water

A proof-of-principle plate-based detection assay utilizing R12.51 was developed and modified
from a previously described assay [48]. Fipronil was immobilized and microplate wells were washed
and blocked exactly as described in Section 3.3. A 100 μL sample of 500 nM FAM-labeled MRE
was added to each well for five minutes. Unbound MRE was removed and each well was washed
as described above. Concentrations of 0, 5, 10, 25, 50, 100, 200, and 500 nM fipronil were used in
detection assays. Varying concentrations of fipronil were spiked into the river water/buffer mix and
subsequently added to each prepared well for fifteen minutes. The solution of each well was retrieved
and fluorescence measurements were recorded as described in Section 3.3. Negative controls were
wells without FAM-MRE and wells without immobilized fipronil. Three parallel experiments were
performed. GraphPad Prism 3 was utilized to analyze the data and determine the R2 value with linear
regression analysis. The limit of detection (LOD) was calculated as described by Armbruster et al. [41].

4. Conclusions

This study utilized a variant of SELEX methodology to identify a novel, broad-spectrum molecular
recognition element that binds strongly to fipronil, its major metabolites and a structurally related
pesticide. The MRE binds with a nanomolar equilibrium dissociation constant and is selective
over structurally unrelated herbicides and pesticides that are found in the same environments as
fipronil. Additionally, a proof-of-principle, plate-based fluorescent detection assay was developed
and successfully used to detect fipronil in artificially contaminated river water samples. The results
show the potential of utilizing this ssDNA MRE in biosensing applications, such as those described by
Madianos et al. [46].
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Abstract: Nucleic acid aptamers hold promise as therapeutic tools for specific, tailored inhibition of
protein targets with several advantages when compared to small molecules or antibodies. Nuclear
WW domain containing E3 ubiquitin ligase 1 (WWP1) ubiquitin ligase poly-ubiquitinates Runt-related
transcription factor 2 (Runx2), a key transcription factor associated with osteoblast differentiation.
Since WWP1 and an adapter known as Schnurri-3 are negative regulators of osteoblast function, the
disruption of this complex has the potential to increase bone deposition for osteoporosis therapy.
Here, we develop new DNA aptamers that bind and inhibit WWP1 then investigate efficacy in an
osteoblastic cell culture. DNA aptamers were selected against three different truncations of the
HECT domain of WWP1. Aptamers which bind specifically to a C-lobe HECT domain truncation
were observed to enrich during the selection procedure. One particular DNA aptamer termed C3A
was further evaluated for its ability to bind WWP1 and inhibit its ubiquitination activity. C3A
showed a low μM binding affinity to WWP1 and was observed to be a non-competitive inhibitor of
WWP1 HECT ubiquitin ligase activity. When SaOS-2 osteoblastic cells were treated with C3A, partial
localization to the nucleus was observed. The C3A aptamer was also demonstrated to specifically
promote extracellular mineralization in cell culture experiments. The C3A aptamer has potential
for further development as a novel osteoporosis therapeutic strategy. Our results demonstrate that
aptamer-mediated inhibition of protein ubiquitination can be a novel therapeutic strategy.

Keywords: aptamer; SELEX; ubiquitin ligase; WWP1; targeted drug delivery

1. Introduction

In mammalian bone, the osteoblast is exclusively responsible for the deposition of bone matrix
in the form of hydroxyapatite crystals together with various structural proteins [1]. The osteoblast
lineage is largely controlled by Runx2 (Runt–related transcription factor 2/CBFA1/PEBP2αA), often
considered the “master regulator” of osteoblast differentiation [2]. The importance of Runx2 is
illustrated by observations that Runx2 null mice cannot produce mineralized bone due to a lack of
early stage osteoblasts [3]. The Nedd4 family HECT (‘Homologous to the E6-AP Carboxyl Terminus’)
domain E3 ligase WWP1, in complex with an adapter Schnurri-3 (Shn3), ubiquitinates Runx2 thus
leading to its degradation and reduction of osteoblast-mediated bone matrix synthesis [2]. WWP1 and
Shn3 proteins negatively regulate Runx2 at the protein level, hence are promising targets to stimulate
osteoblast differentiation, and by extension, higher bone mass in osteoporosis patients [4,5]. Human
WWP1 was discovered in 1997 and contains an independently active HECT domain (Homologous
to the E6-AP carboxyl terminus) which has its crystal structure solved [6–8]. WWP1 is structurally
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and functionally characterized, is readily “expressible” in E. coli, and inhibition of WWP1 to maintain
Runx2 levels is a promising therapeutic strategy to stimulate osteoblast function.

Nucleic acid aptamers are short, single-stranded nucleic acid chains evolved to bind specifically
to a given target. Riboswitches can be considered as natural non-coding RNA aptamers which regulate
gene expression upon binding a metabolic target [9]. Since 1990, aptamers have been created in the
laboratory using a process known as Systematic Evolution of Ligands by Exponential Enrichment
(SELEX) [10,11]. First, a large pool of random sequences (~1015) is exposed to a target, washed
to exclude non-binding species, and eluted to recover binding species. Second, the pool is PCR
amplified by having included 3’ and 5’ primer binding regions. Finally, the sequences are enriched
by repeating the process successively while introducing increased stringency (i.e., more rigorous
washing conditions and counter-selections of related targets). The SELEX iterations are continued
until enriched pools of homologous sequences are revealed, which then hold the potential to be tightly
binding and specific [10,11]. Aptamers often bind to their targets with KD values in the μM to nM
range with aptamer affinity maturation developed to increase affinity and specificity [12]. Aptamers
have secondary structure including hairpins, loops, pseudoknots, triplexes, and quadruplexes [13–15].
SELEX can be applied to a wide variety of targets ranging from small molecules to cells [16,17].
Due to these complexities and features, aptamers are sometimes compared and contrasted with both
antibodies and small molecules for use as therapeutics [18,19], diagnostics [20–22], and laboratory
tools [23]. Importantly, recent work has demonstrated methods that lower the cost of single stranded
oligonucleotide synthesis by several orders of magnitude [24].

Aptamers have traditionally focused on extracellular targets. However, polynucleotides such as
aptamers can enter the intracellular space by either: (1) extraneous means such as liposomes, polymers,
viruses, microinjection, electroporation, particle bombardment, calcium phosphate precipitation and
ultrasound, or by (2) inherent mechanisms such as endocytosis or pinocytosis [25–28]. Using cationic
reagents, aptamers can be transfected as is commonly practiced with plasmids. Naked DNA, without
the company of reagents, does enter the cell to some degree in spite of electrostatic repulsion, as was
demonstrated when internalized plasmids were found to express proteins [29]. Uptake depends both
on temperature and oligonucleotide length [30]. It has also been found that two putative cell surface
receptors are specific to oligonucleotides generally [31]. More recently, aptamers have been conjugated
to moieties to bind an internalizing receptor, or may be selected to bind the internalizing receptor
themselves [26,32]. Approximately 19,000 DNA molecules can be internalized by one cell once cationic
lipoplexes have fused with the anionic plasma membrane [33]. Aptamers can also be transcribed
directly in the cell, this type of aptamer has been coined an “intramer” [34–36].

Previously, our group selected aptamers which bind and inhibit the activity of the extracellular
protein sclerostin, which is a known negative regulator of bone formation [19]. Here, we investigate
an alternative intracellular strategy where the intracellular protein WWP1 is targeted with a DNA
aptamer. Herein we select and characterize DNA aptamers against the HECT domain of WWP1.
We investigate aptamer binding to its target, specific inhibition of its function, observe localization,
and evaluate efficacy in SaOS-2 osteoblastic cells.

2. Results

2.1. Strategy to Select DNA Aptamers against HECT Domain of WWP1

As it is not possible to express the full length WWP1 protein in E. coli, truncations of the smaller
yet active HECT domain were used as the targets for aptamer selection. The HECT domain has two
lobes: the N-lobe is involved in E2 binding and the C-lobe is important in ubiquitination [8]. Rotation
around a hinge between the two lobes is critical to WWP1 ubiquitin ligation activity [8], hence the
HECT domain is central to WWP1 function.
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As shown in Figure 1A, we expressed and purified three WWP1 truncations for use as targets in
our aptamer selections: the entire HECT domain, the N-lobe of the HECT domain and the C-lobe of
the HECT domain.

Figure 1. Structure of WWP1 HECT domain target and selected pool. (A) WWP1 HECT structure as
generated by pyMOL with functionally important regions labeled; (B) Variable regions of the enriched
pool for C-lobe with the three most abundant groups of identical sequences are boxed (C1–C3 where
B indicates without constant regions), and phylogenetic tree of sequenced aptamers showing inter
familial relationships.
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To begin, we used the entire HECT domain for the first 8 rounds of DNA aptamer selection.
Important to its inhibition, HECT domain requires a flexible hinge loop, the binding of an E2 adapter,
and a catalytic cysteine residue for activity (Figure 1A). We then proceeded to lobe-specific selections
to target particular functional regions more specifically. To further increase specificity as well as
stringency, C-lobe selections included N-lobe counter selections, N-lobe selections included C-lobe
counter selections, and HECT selections included ubiquitin as a general protein counter selection.
During the sequencing of pools throughout the process, the C-lobe pools proved to enrich promisingly,
while HECT and N-lobe selections did not enrich. This indicated that DNA aptamers had been selected
in the initial rounds that likely bind to the C-lobe of the HECT domain.

We performed 4 further SELEX lobe-specific rounds (after the 8 round HECT domain
pre-enrichment). Cloning and sequencing identified 31 aptamer sequences against the C-lobe
truncation (Figure 1B), annotated as C#A when constant region is included and C#B without. The
relationships between the variable regions is somewhat scattered—C3 is more closely related to C1
while C2 is completely unrelated. These three sequences were chosen to move forward in the project
due to their higher copy number in sequencing data.

To compare the predicted secondary structures of the three aptamers, mFold software (version 2.3,
The RNA Institute, State University of New York at Albany, Albany, NY, USA) was used (Figure 2).
The structure of the variable region mirrors that of its full-length counterpart for aptamer C1, but
not for C2 and C3; possibly indicating that full length is required for C2 and C3 binding (Figure 2).
Experiments were therefore carried out subsequently with constant regions included (indicated by the
A suffix).

C1 C2 C3

A

B

Figure 2. Predicted 2D secondary structures for C-lobe aptamers using mFold software comparing full
length (A) with variable region (B) simulated at 150 mM NaCl and 25 ◦C.
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2.2. Determination of Binding Affinity of DNA Aptamers Binding to HECT Domain

We next investigated the relative affinity of the DNA aptamers for the protein target relative
to control. To demonstrate qualitative binding of the C-lobe aptamers to our recombinant HECT,
Electrophoretic Mobility Shift Assay (EMSA) was employed (Figure 3). EMSA is a hallmark method for
characterization of protein-nucleic acid binding. However, EMSA has shortcomings such as complexes
differing in stability depending on the gel medium and secondary binding confusing the magnitude of
the binding of interest. Thus, we view EMSA here as a relative and semi-quantitative characterization
of binding. The full-length aptamers C1A–C3A (the A indicating inclusion of the constant flanking
region) were incubated with a range of HECT concentrations then analyzed by PAGE electrophoresis
(Figure 3A), and the resultant band intensities were plotted (Figure 3B). Aptamer bound to protein
remains at the top of the gel, while free aptamer migrates normally. Of the three C-lobe aptamers,
C3A showed the strongest binding affinity. We observed that C3A shows a multimeric band above
its monomer band also, which may imply a multimer in equilibrium with the monomer (74 bp).
A KD roughly in the low μM range was estimated for aptamer C3A, while other C-lobe aptamers
and controls did not produce an inflection point with which to base a determination but with clearly
weaker binding. Therefore, in later experiments we focused on aptamer C3A as the most promising of
the three aptamer candidates.

 

Figure 3. Determination of KD for aptamers using electrophoretic mobility shift assay (EMSA) for
aptamers C1A, C2A, and C3A. (A) 10% PAGE gels showing bound (upper bands) versus unbound
(lower bands) aptamer; (B) Plot of HECT concentration versus normalized band intensity (unbound)
with a one-site binding fit from representative data in Figure 3A.

2.3. Determination of C-Lobe DNA Aptamer-Mediated Inhibition of Ubiquitination Activity of HECT Domain

The HECT domain’s ability to self-ubiquitinate with the requirement of an E1 and E2 protein
in vitro provides an approach to observe the kinetics of HECT domain activity. When the HECT
domain is ubiquitinated, the HECT domain-ubiquitin conjugate is observed by SDS-PAGE appearing
several kilodaltons above HECT and can be used for quantitation (Figure 4C). We used this assay to
generate Michaelis-Menten curves between aptamers C1A–C3A which implicates aptamer C3A as the
strongest inhibitor of the three (Figure 4A).
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Figure 4. Aptamer mediated inhibition of HECT ubiquitination. (A) Rate of reaction product
formation plotted against ubiquitin concentration (Michaelis-Menten) for aptamers C1A–C3A to
compare inhibition rates between aptamers from representative gel data. (B) Resultant Vmax and KM

values from the Michaelis-Menten plot. (C) 12% SDS-PAGE gel showing the reaction product over
increasing C3A concentrations; (D) Logarithmic plot of C3A aptamer concentration to band intensity
as measured to determine IC50 from representative gel data (E) Michaelis-Menten plot of two different
C3A concentrations for determination of mode of inhibition from representative gel data. (F) Summary
of Vmax and KM values tabulated for the two C3A concentrations.

The resulting vmax and KM are tabulated in Figure 4B and reconfirms aptamer C3A as the strongest
inhibitor. This result is also consistent with our observations of aptamer binding in Figure 3. Figure 4C
shows the ubiquitination assay on an example gel over a series of aptamer C3A concentrations, where
substrate and reaction product are labeled (residual ubiquitin (~10 kD) and E2 (~10 kD) can also be
seen). The plot of C3A concentration to band intensity of reaction product (Figure 4D) determines an
IC50 of approximately 100 μM. To determine mode of inhibition, two different C3A concentrations
were tested (100 μM and 200 μM) while varying the concentration of ubiquitin substrate to determine
KM and vmax as shown in Figure 4E,F. The presence of the inhibitor caused a significant reduction in
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the apparent vmax while the apparent KM remained similar. These results imply that the aptamer acts
as a non-competitive inhibitor of ubiquitination.

2.4. Cellular Localization, Runx2 Levels, and Bone Mineralization in Saos-2 Osteoblastic Cells

Fixed and stained SaOS-2 cells were imaged after the transfection process to investigate differences
in localization. These stained images were used to compare aptamer C3A and control, both with and
without transfection reagent as shown in Figure 5A. Although the images are overexposed, we were
able to gain information about the relative abundance of aptamer in the cytoplasm versus nucleus.
In this representative example, aptamer C3A without transfection (CN) appears to enter the cell, but
appears mostly proximal to the nucleus, whereas aptamer C3A with transfection (CT) seems to localize
both in the nucleus and cytosol.

Figure 5. Aptamer C3A localization, and effect on Runx2 levels and bone mineralization in SaOS-2
cells. (A) Aptamer (Cy3) nucleus (Hoechst) overlays where: RN—random sequence control without
transfection, RT—random sequence control with transfection, CN—aptamer C3A without transfection,
and CT—aptamer C3A with transfection; (B) Aptamer and nucleus overlays over time points in hours;
(C) Quantitative assessment of nuclear localization using MetaMorph™ software for transfected or
naked (labeled as “NEAT”) aptamer C3A and random sequence control; (D) Western Blot of Runx2
performed on SaOS-2 cell extracts; (E) Quantitation of extracellular matrix deposition over time using
Alizarin Red assay.
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After determining that aptamer enters the cells without transfection reagent, we compared
localization over time by incubating aptamer C3Awith SaOS-2 cells without transfection reagent over
5 time points (Figure 5B). All aptamer samples appear to enter the cell and the images depict migration
towards the nucleus over time. Percent nuclear localization over time was quantified by image intensity
where hundreds of cells were batch processed using MetaMorph™ software (64-bit version, Molecular
Devices Corp., Sunnyvale, CA, USA) for aptamer C3A and control, with and without transfection
(Figure 5C). Whether or not transfection reagent was used, aptamers appear to enter the cell and
localize partially in both the cytoplasm and nucleus to some degree. There are examples where all
aptamers are exclusively in the cytoplasm for a period of time, but these results show that for most
cells, a proportion (>50%) of the aptamers end up in the nucleus quickly after exposure. To see if
treatment with aptamer C3A had an effect on Runx2 protein expression levels in SaOS-2 cell extracts, a
western blot was performed (Figure 5D). Data were consistent with a slight reduction of Runx2 levels
when cells were transfected with C3A relative to controls (Figure 5D). To determine if aptamer C3A
influenced osteoblast ability to deposit extracellular matrix, SaOS-2 cells were subjected to an Alizarin
Red assay to quantify calcific deposition (Figure 5E). At a timepoint 15 days after transfection it was
clear that both the naked C3A aptamer and the transfected C3A aptamer were able to increase the rate
of calcific deposition of the cells relative to control aptamers (Figure 5E). This data would be consistent
with an observation that the C3A aptamer is able to enter the cell even in the absence of the transfection
reagent and increase calcific extracellular matrix deposition. We also investigated the influence of
aptamer C3A on apoptosis and observed that aptamer C3A promoted apoptosis significantly more
than a random sequence control (Figure S1).

3. Discussion

Aptamer selections were begun with an entire HECT domain ‘pre-selection’. Subsequent
selections against N-lobe, C-lobe and HECT pool showed enrichment of Aptamers only against
C-lobe. This indicated that the C-lobe likely had selected tight-binding aptamers early in the selection
process. We observed that it was necessary to retain the flanking constant regions in the C-lobe
aptamers. Two classic examples of aptamers for which the PCR constant regions were not necessary for
binding are pegaptanib and the anti-thrombin aptamer, but others have been reported where constant
regions were required for binding [37,38]. We surmise that the necessity of flanking regions in an
aptamer varies from selection to selection.

Concerning our WWP1 truncation targets themselves (Figure 1), some structural features are
relevant. First, the C-lobe portion of the related E3 ubiquitin ligase UbR5 has its crystal structure solved
and was found to be active [39]. Nevertheless, we assumed our C-lobe truncation was unlikely to have
activity considering previous reports had shown that the N-lobe is necessary for the ubiquitination
reaction [8]. Our best C-lobe targeting aptamer C3A, which had been pre-selected against HECT
domain, was shown to specifically bind HECT (Figure 3). This implies that the C-lobe truncation most
likely folded into a similar structure as that in the context of the whole protein, consistent with the
demonstrated activity of UbR5 [39]. Many ubiquitin ligases have been identified as disease targets.
This is the first attempt to inhibit HECT ubiquitin ligase activity with an aptamer and we therefore do
not have a direct comparison of binding affinity for this specific family of targets [40]. Aptamers often
bind to targets with nanomolar affinities, but the KD of our C3A could be estimated in the low μM
range. We were not able to obtain estimations from our other aptamers and control because they did
not bind sufficiently at the tested range of concentrations, but one may conclude their binding was far
weaker (Figure 3).

Ubiquitination assays to determine inhibition are well-established [41]. HECT ligases in particular
are commonly studied from many angles with such assays [41]. Other groups have detected
ubiquitination by anti-ubiquitin western blotting, but we found this step unnecessary given the
quantitative Coomassie stain from the reaction product on the gel, which we confirmed to be ubiquitin
conjugated HECT with mass spectrometry [40]. Nevertheless, IC50 values for aptamers are rarely
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reported because enzymes are typically targeted by small molecules. There are some examples,
however, such as G-quadruplex aptamers against Shp2 phosphatase which inhibited Shp2 activity at
29 nM, while small molecules inhibited in the μM range [42]. Conversely, anti-sclerostin antibodies
inhibit in the nM range, while aptamers for the same protein inhibit at 15 μM [19,43]. Evidence of the
mode of inhibition could be seen with our Michaelis-Menten curves and apparent vmax and KM values,
which were consistent with non-competitive inhibition. Overall these pieces of evidence support
the possibility that aptamer C3A binds specifically to HECT domain and inhibits its activity in a
non-competitive manner (Figures 3 and 4).

There are 3 known mechanisms for DNA to enter a eukaryotic cell without transfection or a virus:
pinocytosis, absorptive endocytosis, or receptor mediated endocytosis [31,44]. In our assessment of
aptamer C3A localization in SaOS-2 cells, we found qualitatively that the aptamer appeared to be
able to enter the cell in the presence of absence of transfection reagent (Figure 5A). Here, we can only
assume that the DNA in the non-transfected samples entered by the abovementioned mechanisms.
Recently, aptamers for the intracellular and membrane target nucleolin were demonstrated to enter
via macropinocytosis [45]. In addition, non-specific DNA internalizing receptors exist in other cell
types but are not known in osteoblasts [27,28]. Both transfected and non-transfected samples were
treated with DNA for 5 h, a time frame where aptamers could conceivably diffuse passively through
the nuclear pore complex (Figure 5B), which could be compared to eukaryotic cells expressing proteins
from plasmids which must enter the nucleus to be transcribed [29,46]. The percentage of signal
appearing in the nucleus region for the hundreds of cells we analyzed with batch processing averaged
around 60% (Figure 5C). One possible reason for this could be positively charged nuclear proteins
such as histones, trapping a certain proportion of the aptamers.

Regarding aptamer C3A effect on phenotype, Western blot results were not clear-cut but were
consistent with a slight reduction in Runx2 levels relative to controls (Figure 5D). The extracellular
matrix deposition assay was performed under the same treatment conditions as the localization
experiments and increased extracellular matrix was observed in the C3A treated cells relative to
controls for both transfected and non-transfected cells.

Overall these experiments show that a DNA aptamer can bind specifically to WWP1 C-lobe and
inhibit its target. Observations were consistent with the DNA aptamer entering the SaOS-2 cell nucleus,
inhibiting WWP1 ubiquitination of Runx2 then increasing extracellular matrix deposition. WWP1
has also recently been implicated as an oncogene indicating that further work on WWP1 inhibition is
warranted [47]. Finally, a recent paper demonstrated that interference of WWP1 led to the induction of
apoptosis in osteosarcoma cells [47], which is also consistent with apoptosis experiments which we
performed at the characterization stage (Figure S1). Further cell-based and animal-based experiments
will be required to better understand the applicability of the aptamer to promote bone mineralization.

4. Materials and Methods

4.1. HECT, C-Lobe, N-Lobe and E2 Cloning, Expression and Purification

HECT, C-lobe and N-lobe were amplified per Platinum® Pfx Polymerase (Invitrogen, Waltham,
MA, USA) guidelines from a human liver cDNA library. The following sequences were those for
which the expression inserts were designed: HECT Domain (bp 1916–3047 NCBI Reference Sequence:
NM_007013.3), C-lobe (bp 2687–3047 NCBI Reference Sequence: NM_007013.3), N-lobe (bp 2342–2587
in NCBI Reference Sequence: NM_007013.3). The resulting sequences, once inserted into pET28a(+)
(Novagen, Madison, WI, USA) vector, gave an N-terminal hexahistidine tags. Subcloning was initiated
by 1% agarose gel purification of the PCR product with Platinum® Pfx Polymerase (Invitrogen) of
each insert (approx 20 cycles) using QIAquick® gel extraction kit (Qiagen, Hilden, Germany). Inserts
were then digested with EcoRI and NdeI (New England Biolabs, Ipswich, MA, USA), 1% agarose gel
purified and extracted, and the concentration of the insert and vector was then determined using
absorbance at OD260/280 nm. Approximately 20 ng of insert and 10 ng of vector were put into
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ligation reaction with 1 μL ligase in total of 10 μL per instructions of T4 DNA ligase (New England
Biolabs). A frozen eppendorf of XL-1 Blue E. coli (Stratagene, San Diego, CA, USA) provided in house
was made competent and transformed by roughly following the pET System manual (Novagen).
Colonies were selected on 50 μg/mL kanamycin agar plates, grown in 1 mL cultures for exponential
growth phase, DNA was purified by QIAprep (Qiagen), and sequenced by Tech Dragon Limited™,
Hong Kong, China.

The pET28a(+) (Novagen) vectors containing in-frame and un-mutated insert for all three
truncations of HECT and pET-15b (Novagen) containing UbE2D2 (Addgene, Cambridge, MA, USA)
were transformed into E. coli BL21(DE3) using the vendor transformation protocol (Novagen®).
Overnight starter cultures of 30 μg/mL kanamycin containing LB media seeded 2–3 L cultures of the
same media. These large cultures were grown at 37 ◦C under shaking at 200 rpm for approximately
6 h at 37 ◦C and induced to express with 500 μM IPTG, and shaken at room temperature for 4–5 h
(C-lobe, N-lobe, and UbE2D2) and 4 ◦C overnight (HECT domain). Cell pellet was harvested by
centrifugation at 4000 rpm, for 25 min, at 4 ◦C. After careful decanting, cell pellet was stored at −20 ◦C
until purification. Column load was prepared by resuspending cell pellets in 20 mL of sonication
buffer (Tris/500 mM NaCl/20 mM imidazole/0.1% (v/v) TritonX (pH 7.4)) for every 500 mL of culture
and supplemented with Complete EDTA-free EASYpack protease inhibitor cocktail (Roche, Mannheim,
Germany) followed by sonication for 10 min on ice at 30% amplitude. Cell lysate was centrifuged at
13,000 rpm for 25 min at 4 ◦C. Supernatant was filtered and loaded onto His-trap HP Ni2+ affinity
column (GE Healthcare, Chicago, IL, USA) using a peristaltic pump. After loading, the column was
transferred to Vision™ Workstation (Applied Biosystems, Waltham, MA, USA). Real time UV trace
was analyzed with the accompanying Vision™ Software (SDS v. 2.3, Applied Biosystems, Foster City,
CA, USA). A gradient was run from 0% mobile phase A (50 mM Tris/500 mM NaCl/20 mM Imidazole
(pH 7.4)) → 100% mobile phase B (50 mM Tris/500 mM NaCl/500 mM Imidazole (pH 7.4)) over 20 min
at 3.5 mL/min and ~2 mL fractions were taken by hand throughout the gradient. Fractions were stored
at −20 ◦C. Overall, the proteins were of correct size, were derived from the correct sequence, had
purities of around 95% (excluding UbE2D2), and maintained a solubility of around 50% of the starting
fraction pool after one week at 4 ◦C. All proteins expressed in high yield (concentrations of 2–4 mg/mL)
and signal during imidazole gradients generally coincided with predicted isoelectric points.

4.2. SELEX Procedures

Basic methodologies and tools for aptamer selection were adapted from our labs previous
methods. A random DNA library was obtained from Tech Dragon Limited, Hong Kong containing
6.9 nanomoles of single stranded DNA of the following design: Aptamers→ 3’-CTAATACGACTC
ACTATAGG(N30)AAGCTTTGCAGAGAGGATCCTT-5’, Primers→ 3’-GATTATGCTGAGTGATATCC,
TTCGAAACGTCTCTCCTAGGAA-5’-Biotin. DNA was reconstituted in MilliQ H2O and contained a
total of 4.2 × 1015 DNA molecules of 1.15 × 1018 possible sequences from a variable region of N = 30.
Determination of the amount of protein target to be used was based on the Ni-NTA Agarose Beads
Handbook (Qiagen, Hilden, Germany) estimate that approximately 3 μg of protein bind to 10 μL
of bead solution. The amount of target protein necessary to saturate 10 μL of bead solution was
determined by exposing the beads to an increasing amount of protein, washing with selection buffer
(50 mM Tris/0.05% Tween-20/0 → 1.0 M NaCl (pH 7.3)), eluting with 1.0 M imidazole in selection
buffer, and visualizing on SDS-PAGE. After washing beads with protein buffer (50 mM Tris/400 mM
NaCl/0.05% Tween-20 (pH 7.3)), appropriate amounts of protein were added and beads, and washed
3 times again with protein buffer. A 25 μL aliquot of library was then diluted with 200 μL of selection
buffer and added to the beads, gently mixed, and set for 1 min. The beads were then washed with
1 mL of selection buffer 6–12 times depending on the round of selection. Protein bound to DNA
was eluted with 50 μL elution buffer (1.0 M imidazole in TBS, pH 7.5) and 5 μL was carried on to
PCR amplification with biotinylated reverse primer for ~10 cycles. The resulting double stranded
amplification product from each consecutive round was separated by washing 50 μL of Dynabeads
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M-280 Streptavidin magnetic beads (Invitrogen, Waltham, MA, USA) with 1 mL separation buffer
(50 mM Tris/0.05% Tween-20 (pH 7.3)), binding the entire 50 μL PCR product and 900 μL separation
buffer with the washed beads, washing three times with separation buffer, and eluting with 50 μL of
100 mM NaOH. DNA containing NaOH was diluted with 150 μL TBS for neutralization. Progression
of the selection process was monitored by PCR and PAGE. Pools of double stranded DNA from final
rounds of selections were blunt end cloned into vectors using Zero Blunt® TOPO® PCR Cloning Kit
(Invitrogen) and transfection of XL-1 Blue E. coli (Stratagene, San Diego, CA, USA) was performed as
previously mentioned. 50 colonies from 50 μg/mL kanamycin selective plates were grown in 2.5 mL
cultures for approximately 10 h, and said cultures were prepared for sequencing using the QIAprep®

Spin Miniprep Kit (Qiagen, Hilden, Germany). Sequencing of plasmids was performed by Tech Dragon
Limited, Hong Kong, China.

4.3. HECT Ubiquitin Ligase Activity Assay

A HECT ubiquitination assay was devised based on the general guidelines of the Boston Biochem®

Company which specializes in ubiquitin assays. Active HECT domain and the human E2 protein
(UbE2D2) were expressed in E. coli, purified as described previously and were kept at 100 ng/μL and
160 ng/μL, respectively, at −20 ◦C in ~25% glycerol. His6-tagged human recombinant Ubiquitin and
recombinant Human His6-Ubiquitin E1 Enzyme (UBE1) (Boston Biochem®) were kept at 5 μg/μL
and 250 ng/μL, respectively, at −20 ◦C. The reaction was optimized by starting at 250 ng E1, 300 ng,
HECT, 320 ng E2, and 5 μg Ub, and then systematically altering assay parameters such as reaction
volume, time, reagent amounts, and temperature. Finally, the reaction contained 2.6 μM HECT,
45.5 nM UBE1, 507.8 nM UBE2D2, and varying from 300 nM to 4.8 μM Ubiquitin depending on the
experiment. The total reaction volume was 25 μL, was run for 1 h at 37 ◦C in assay buffer (50 mM
Tris/50 mM NaCl/5 mM MgCl2/5 mM KCl/25 mM DTT/5 mM ATP (pH 7.5)), and stopped by
addition of 25 μL SDS-PAGE loading buffer (100 mM Tris/40% v/v glycerol/8% w/v SDS/5% w/v
beta-mercaptoethanol/0.04% w/v bromophenol blue (pH 7.5)) with a final gel load of 20 μL. Identity of
the reaction product band (HECT~Ub conjugate) was confirmed by MS/MS (Genome Research Center,
Hong Kong, China). Gels were stained with Coomassie or Silver depending on need for quantitation
and analyzed with ImageJ (NIH, Bethesda, MD, USA) and Prism® (version 7, GraphPad, San Diego,
CA, USA) softwares.

4.4. Electrophoretic Mobility Shift Assay (EMSA)

Briefly, 15 μL samples containing 11.3 μM → 293.9 nM HECT domain, 55.6 nM aptamer, and
4 μL of EMSA sample buffer (50 mM Tris/10% (v/v) Glycerol/0.02% (w/v) bromophenol blue (pH 6.8))
were created. The mixture was set for 60 min at 4 ◦C while gel was pre-run in TAE buffer at 100 V
for equilibration. Samples were then loaded and run on 12% PAGE Gels which were prepared using
vendor Midi Protean Cell guidelines (BioRad, Hercules, CA, USA) at 100 V for approximately 3 h until
tracking dye reached bottom of the gel. Gels were stained with 3.5 μL of SYBR Gold Nucleic Acid
Gel Stain (Molecular Probes, Waltham, MA, USA) per 50 mL of TAE buffer and imaged in the UV
Transilluminator Imaging System (UVP, Hercules, CA, USA) and analyzed with ImageJ and Prism®.
6.5 pmol of aptamer was mixed with a series of concentrations of HECT, set for 1 h at 4 ◦C, run on 10%
PAGE for 1.5 h at 100 V in 4 ◦C with minimal glycerol for gel loading, and stained with SYBR gold™.

4.5. Cell Culturing

SaOS-2 Cells (ATCC® number HTB-85®), a human osteosarcoma line, were obtained in house
labeled at passage 5. Cells were thawed, seeded, passaged according to the general guidelines
of the Cell Culture Basics guide (Thermo Fisher Scientific, Hercules, CA, USA) in a Class II bio
safety cabinet with McCoy’s 5a Media (Sigma-Aldrich, St. Louis, MO, USA) supplemented with
Penicillin/Streptomycin and 15% FBS, and centrifugation was performed on bench top centrifuge.
Cells were stored at a controlled environment of 37 ◦C with 5% CO2 and viewed with an Eclipse
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TS100 (Nikon, Tokyo, Japan) light microscope at 4× and 10× magnifications daily. Samples to be
prepared for fixed cell imaging, western blot, apoptosis, bone mineralization, and alkaline phosphatase
activity were initiated by growing cells to ~80% confluency on either 6, 24, or 96 well cell culture plates
(Corning Inc., Corning, NY, USA). Cells were transfected with 100 ng of aptamer and control for 4 h
per Lipofectamine 2000 (Invitrogen) guidelines using McCoy’s 5a Media (Sigma-Aldrich) without
Penicillin/Streptomycin or FBS or treated with aptamer and control without transfection reagent for
the same amount of time. Cells were then replaced with normal supplemented media after transfection,
which took place once (T0) for fixed cell imaging, western blot, and apoptosis assays and three times
(T0 then every 3 days) for mineralization and alkaline phosphatase assays. The cells remained alive for
the course of the experiments.

4.6. Fixed Cell Imaging

Cover slip containing Costar® 6 well flat bottom plates (Corning Inc., Corning, NY, USA) were
prepared with sterile technique by placing cover slips into the wells with forceps in the BSC hood,
rinsing with cold methanol, and rinsing 3× with ice cold sterile PBS. Cells were seeded 1:4 and grown
to ~90% confluency and then treated with aptamer and controls, with and without Lipofectamine™
2000. At each time point, wells were washed with ice cold PBS, gently fixed with ice cold methanol at
−20 ◦C for one hour and washed with ice cold PBS. After damping dry, Acrytol® mounting media
(Leica, Wetzlar, Germany) was used to mount slides, which were then dried overnight in the dark.
Images were taken on an BX51 Fluorescence Microscope (Olympus, Tokyo, Japan) using brightfield
and the appropriate filters for Cy3 (red) and Hoechst (blue) at 40×. MetaMorph® (Molecular Devices,
San Jose, CA, USA) batch processing software was used to analyze at least 85 cells per sample.

4.7. Runx2 Western Blot

Cells were first washed with ice cold PBS, then 200 μL of ice cold RIPA buffer (150 mM sodium
chloride/1.0% Triton X-100/0.5% sodium deoxycholate/0.1% SDS (sodium dodecyl sulfate)/50 mM
Tris (pH 8.0)) supplemented with complete EDTA-free EASYpack protease inhibitor cocktail was
added and cells, scraped and recovered by pipette. Lysates were agitated at 4 ◦C for 30 min by light
shaking and centrifuged for 20 min at 12,000 rpm on a X-15R bench top centrifuge (Beckman Coulter)
at 4 ◦C before recovering supernatant. In this case, Rabbit derived Anti-Runx2 (Novus Biologicals,
Littleton, CO, USA) and Goat derived Anti-Rabbit IgG (whole molecule) Peroxidase conjugate (Novus
Biologicals®) were used at 1/500 and 1/80,000, respectively, while generally following the Western
Blotting Beginners Guide (Abcam, Cambridge, UK). 1 μL of B-Actin (Cell Signaling Technology,
Danvers, MA, USA) stock was included with each primary antibody incubation as a loading control.
Blots were imaged with UV Transilluminator Imaging System (UVP, Hercules, CA, USA).

4.8. Apoptosis Assay

Apoptosis samples were prepared as described in the cell culture section and were performed
according to HT TiterTACS™ Assay kit (Trevigen, Gaithersburg, MD, USA) guidelines, read at 450 nm
on a 200 SpectraMax 340PC 38 (Molecular Devices) and analyzed with Soft Max Pro (Molecular
Devices) and Prism® (GraphPad) Software.

4.9. Bone Mineralization Assay

Assays to detect the calcium of bone deposition generally followed the Osteoblast Differentiation
and Mineralization Guide (PromoCell, Heidelberg, Germany). First, cells washed with ice cold PBS,
fixed with ice cold methanol overnight, stained with 20 g/mL Alizarin Red S for 45 min at room
temperature, washed 5 times with diH2O, and PBS added before digital photographs were taken.
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5. Conclusions

We successfully generated a DNA aptamer (C3A) which binds to the C-lobe of WWP1 with a
binding affinity of 1.9 μM. This aptamer was demonstrated to inhibit the ubiquitination activity of
WWP1 in a non-competitive manner. The aptamer could internalize into SaOS2 cells even in absence
of transfection agent. The aptamer was shown to stimulate extracellular matrix deposition relative to
controls. Future work can improve binding affinity by microarray maturation, employ bioinformatics
methods to modify the aptamer for greater functionality [48] or generate a library that could be used
alongside a microfluidic selection method [49]. By such approaches, novel therapeutic aptamers can
be further developed for a variety of human disease.

Supplementary Materials: Supplementary materials can be found at www.mdpi.com/1422-0067/19/3/763/s1.
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